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Hot Spring Microbial Community
Composition, Morphology, and
Carbon Fixation: Implications for
Interpreting the Ancient Rock Record

Caleb G. Schuler, Jeff R. Havig?' and Trinity L. Hamilton ™"

" Department of Biological Sciences, University of Cincinnati, Cincinnati, OH, United States, ? Department of Geology,
University of Cincinnati, Cincinnati, OH, United States

Microbial communities in hydrothermal systems exist in a range of macroscopic
morphologies including stromatolites, mats, and filaments. The architects of these
structures are typically autotrophic, serving as primary producers. Structures attributed
to microbial life have been documented in the rock record dating back to the Archean
including recent reports of microbially-related structures in terrestrial hot springs that date
back as far as 3.5 Ga. Microbial structures exhibit a range of complexity from filaments
to more complex mats and stromatolites and the complexity impacts preservation
potential. As aresult, interpretation of these structures in the rock record relies on isotopic
signatures in combination with overall morphology and paleoenvironmental setting.
However, the relationships between morphology, microbial community composition,
and primary productivity remain poorly constrained. To begin to address this gap,
we examined community composition and carbon fixation in filaments, mats, and
stromatolites from the Greater Obsidian Pool Area (GOPA) of the Mud Volcano Area,
Yellowstone National Park, WY. We targeted morphologies dominated by bacterial
phototrophs located in close proximity within the same pool which are exposed
to similar geochemistry as well as bacterial mat, algal filament and chemotrophic
flaments from nearby springs. Our results indicate (i) natural abundance §'3C values
of biomass from these features (—11.0 to —24.3%0) are similar to those found in
the rock record; (i) carbon uptake rates of photoautotrophic communities is greater
than chemoautotrophic; (i) oxygenic photosynthesis, anoxygenic photosynthesis, and
chemoautotrophy often contribute to carbon fixation within the same morphology; and (iv)
increasing phototrophic biofilm complexity corresponds to a significant decrease in rates
of carbon fixation—filaments had the highest uptake rates whereas carbon fixation by
stromatolites was significantly lower. Our data highlight important differences in primary
productivity between structures despite indistinguishable 8'3C values of the biomass.
Furthermore, low primary productivity by stromatolites compared to other structures
underscores the need to consider a larger role for microbial mats and filaments in carbon
fixation and O, generation during the Archean and Proterozoic.
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INTRODUCTION

Physical structures of extant microbial communities include
filaments, microbial mats, and stromatolites. These structures are
common in a range of environments including hydrothermal
features and are comprised of diverse microbial assemblages.
Filaments, microbial mats, and stromatolites have been found in
the ancient rock record (e.g., Logan et al., 1964; Schopf, 1993;
Allwood et al., 2006; Noffke et al., 2006; Schopf et al., 2007) and
provide evidence for the presence of life including the recent
discovery of microbial structures in terrestrial hydrothermal
systems dating to 3.5 Ga (Djokic et al., 2017). Unfortunately,
microbial life left a poor fossil record and examples of taxa-
specific biosignatures and morphologies are rare, hindering our
interpretation of these structures in the rock record. For instance,
taxonomic or morphological signatures could aid in determining
the prevailing environmental conditions and biogeochemical
cycling at the time of formation and deposition.

Methods of interpreting microbial signatures in the rock
record rely on recovery of biosignatures (e.g., lipids, pigments),
isotopic signatures, and morphology. Recently, biosignature
records of Archean rocks have been called in to question
due to contamination (French et al, 2015) whereas similar
morphologies exist in drastically different environments. Based
on similarities with mats, stromatolites and filaments formed by
extant cyanobacteria, these structures are often inferred to be
of cyanobacterial origin. However, extant structures are often
comprised of taxonomically and metabolically diverse organisms.
In addition, mat and filament formation can proceed in the
absence of cyanobacteria. For instance, filaments and microbial
mats have been observed in cave systems in the absence of light
(e.g., Engel et al., 2003, 2004; Macalady et al., 2006; Northup
etal,, 2011), near deep-sea hydrothermal vents (e.g., Jannasch and
Wirsen, 1981; Kato et al., 2009), and in geothermal springs where
geochemical conditions or temperature preclude photosynthesis
(e.g., Havig et al.,, 2011). Similar to morphological identification,
carbon isotope fractionation can be ambiguous—carbon fixation
pathways of photoautotrophs and chemoautotrophs can produce
biomass that is indistinguishable (e.g., Havig et al., 2011, 2017).

Recent work has highlighted the microscopic and
macroscopic morphological similarities between stromatolites
growing in silica-saturated hot springs and ancient stromatolites
(e.g., Berelson et al., 2011; Mata et al., 2012; Pepe-Ranney et al.,
2012; Spear and Corsetti, 2013). And, microbial structures
including stromatolites and microbial palisade fabric have been
inferred in silica-rich terrestrial hydrothermal systems dating to
3.5 Ga (Djokic et al., 2017). These observations underscore the
need to better understand the microbial communities forming
these structures in modern geothermal settings. Microbial
mats and filaments are less likely to be observed in ancient rocks
because fossilization requires lithification/mineralization of these
relatively delicate structures. Still, the prevalence of mats and
filaments in modern environments is much more widespread
compared to actively growing stromatolites, which are rare.

Ancient oceans are thought to have been near saturation
with respect to silica (Maliva et al, 2005), and the best
preservation of filaments, mats, and stromatolites is correlated

with early silicification (e.g., Oehler and Schopf, 1971; Hofmann,
1975; Knoll, 1985; Southgate, 1986; Konhauser et al.,, 2003).
Yellowstone National Park (YNP) contains an estimated 10,000
thermal features, most of which are hosted in rhyolitic tuffs
and lava flows resulting from sub-continental plate hot spot
volcanism. Rhyolite is a felsic igneous rock and contains a high
percentage of silica (>69%). As a result, geothermal springs
in and near the 640,000 year old caldera in YNP are typically
silica-saturated (Fournier, 1989) and serve as a proxy for ancient
oceans at or near silica saturation. In addition, silica-saturated
geothermal systems like those in YNP are ideal locations for
understanding early life because: (1) there is evidence for the
presence of geothermal systems throughout Earth’s history (e.g.,
Djokic et al, 2017; Dodd et al, 2017); (2) they often harbor
deep-branching microbes (Pace, 1997; Reysenbach and Shock,
2002); and (3) physicochemical conditions of the hydrothermal
water excludes multicellular life enabling the formation (and
preservation) of microbial structures in the absence of grazing.
The Greater Obsidian Pool Area (GOPA) in the Mud Volcano
Area of YNP contains silica-rich geothermal springs that are
host to filamentous and microbial mat communities as well as
stromatolites. A number of deep-branching 16S rRNA sequences
have been recovered from GOPA (Barns et al., 1994, 1996;
Hugenholtz et al., 1998; Meyer-Dombard et al., 2005) and the
siliceous stromatolites of Obsidian Pool Prime (OPP) have been
previously characterized (Berelson et al, 2011; Mata et al,
2012; Pepe-Ranney et al, 2012). Thus, GOPA is an excellent
setting for characterizing the microbial community composition
and productivity of extant microbial structures to inform
interpretation of these structures in the ancient rock record.

Here, we determined community composition and primary
productivity in filaments, mats, and stromatolites in GOPA.
We chose mats, filaments, and stromatolites located in close
proximity in the same pool to constrain physical and geochemical
parameters. In addition, we examined the same characteristics in
biofilms from three nearby springs with distinct geochemistry.
Rates of carbon fixation were highest in filaments and
mats dominated by cyanobacterial 16S rRNA sequences;
however, oxygenic and anoxygenic photosynthesis as well as
chemoautotrophy can contribute to carbon fixation within the
same morphology. Increasing phototrophic biofilm complexity
corresponded with a significant decrease in rates of carbon
fixation—filaments exhibited the highest uptake rates and
stromatolites the lowest uptake rates. Our natural abundance
813C values of biomass from these features (—11.0 to —24.3%o)
are similar to those found in the rock record. Our data
indicate stromatolites are less productive than filaments and
mats, suggesting mats and filaments have played a larger role in
biogeochemical cycling, particularly carbon fixation and oxygen
production, throughout Earth’s history despite their paucity in
the rock record.

MATERIALS AND METHODS

Field Site Description
The Greater Obsidian Pool Area (GOPA) of the Mud Volcano
Area, Yellowstone National Park, WY is a hydrothermal area
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rich with biodiversity and geothermal features. The geothermal
features vary in temperature, pH, as well as geochemical
properties such as the concentration of sulfide and chloride.
GOPA itself is roughly 1 km? and drains into Goose Lake and
its outflow stream to the north. Due to the rich biodiversity and
geochemical gradients, GOPA is often used as a study site for
microbial phylogenetics as well as geothermal research (Barns
et al., 1994; Hugenholtz et al., 1998; Meyer-Dombard et al., 2005;
Shock et al., 2005; Spear et al., 2005; Havig, 2009; Berelson et al.,
2011; Mata et al., 2012; Pepe-Ranney et al., 2012).

Microbial Community Morphology

Descriptions

The microbial communities sampled in Yellowstone National
Park fell into three primary morphologies: filaments, mats,
and stromatolites. Here we use the term filaments to include
microbial community structures that are predominantly
filamentous at the macro-scale, and are strictly subaqueous. Mats
are layered microbial communities that form a continuous
coherent mass of uniform thickness, and can be either
subaqueous or found at the water-air interface. Stromatolites
are layered microbial structures that form at the water-
air interface, but then grow subaerially. There were three
filament communities sampled (Sites 1A, 3, and 4), three mat
communities sampled (Sites 1B, 1C, and 2), and one stromatolite
community (Site 1D) (Figure 1).

Sample Collection and Geochemistry

All measurements, samples, and in situ microcosms (described
below) were performed and collected on July 22, 2016 except
the natural abundance sample for the stromatolite (described in
more detail below). Samples for nucleic acid extraction (n = 3)
and C and N content and 8'3C determination (n = 1) were
collected using flame-sterilized spatulas or forceps. Samples
were placed in sterile 1.5mL vials and immediately frozen on
dry ice and stored at —80°C until nucleic acid extraction or
C, N and $'3C analysis. Temperature and pH were measured
onsite using a WTW 330i meter and probe (Xylem Analytics,
Weilheim, Germany) and conductivity was measured with a YSI
30 conductivity meter and probe (YSI Inc., Yellow Springs, OH,
USA). Sulfide, Fe’* and dissolved silica were measured onsite
using a DR1900 portable spectrophotometer (Hach Company,
Loveland, CO).

Water samples were filtered through 25 mm diameter 0.2 pm
polyethersulfone syringe filters (VWR International, Radnor, PA,
USA). For ion chromatography analysis of anions, water was
filtered into 15-mL centrifuge tubes (pre-soaked in 18.2 MQ/cm
DI water). Samples were stored at 4°C until analysis. Major
anions (fluoride, chloride, sulfate, and nitrate) were determined
using a Dionex ICS2500 ion chromatography (IC) system
(Dionex, Sunnyvale, CA, USA) by the Earth and Environmental
Systems Institute (EESI) (The Pennsylvania State University,
University Park, PA, USA) as described previously (Havig et al.,
2015). Samples for cation (sodium, potassium, calcium, and
magnesium) analysis were filtered into acid-washed 15-mL
centrifuge tubes (3 day soak in 10% TraceMetal Grade HNO;
(Fisher Scientific, Hampton, NH, USA) followed by triple rinsing

with 18.2 MQ/cm DI water) and immediately acidified with
400 L of concentrated OmniTrace Ultra™ concentrated nitric
acid (EMD Millipore, Billerica, MA, USA). Samples were stored
at 4°C until analysis. Analysis of cations was conducted via
Thermo X-Series II Quadrupole collision cell technology enabled
inductively-coupled plasma mass spectrometer (Thermo Fisher
Scientific, Waltham, MA, USA) by the EESI at the Pennsylvania
State University as described previously (Havig et al., 2015).
Field blanks comprised of filtered 18.2 MQ/cm deionized water
transported to the field in 1-liter Nalgene bottles (acid-washed as
described above) were collected onsite using the same equipment
and techniques described above.

4-mL samples for dissolved inorganic carbon (DIC)
concentration analysis were filtered into Labco Exetainers®
(Labco Limited, Lampeter, UK) pre-flushed with helium.
Samples were stored cap-side down at 4°C until analysis. DIC
concentrations and 8'3C were determined by the Stable Isotope
Facility at University of California, Davis using a GasBench
IT system interfaced to a Delta V Plus isotope ratio mass
spectrometer (IR-MS) (Thermo Scientific, Bremen, Germany).
Raw delta values were converted to final using laboratory
standards (lithium carbonate, $'°C = —46.6%0 and a deep
seawater, 81°C = +0.8%o) calibrated against standards NBS-19
and L-SVEC.

CO, Assimilation

A microcosm-based approach was employed to assess the
potential for inorganic carbon uptake in situ through the addition
of NaH!3COj3. In situ microcosms were performed between noon
and 4 PM under full or partial sun. Samples were collected using
a pre-sterilized spatula or forceps and ~500-mg was placed into
pre-combusted (12h, 450°C) serum vials or sterile 6-well flat
bottom cell culture plates (Fisher Scientific, Pittsburgh, PA, USA).
Care was taken to maintain the structure of mats, filaments, and
stromatolites. Samples were overlaid with spring water from the
collected site and serum vials were capped with gas-tight black
butyl rubber septa or plates were capped with provided lids.
Assays were initiated by addition of NaH'3COj3 (100 wM final
concentration) (Cambridge Isotope Laboratories, Inc., Andover,
MA, USA). All serum vial assays were performed in triplicate. For
plate assays, n = 3 replicates were performed: each well served as
half of a replicate, with the two halves combined following drying
and prior to grinding/homogenization (described below).

We assessed the potential for photoautotrophic (light) and
chemoautotrophic (dark) NaH!3*COj3 uptake. In addition, the
contribution of Photosystem II (PSII)-independent anoxygenic
photoassimilation of CO, was determined in assays amended to
a final concentration of 10 M DCMU (the PSII inhibitor, 3-
(3,4-dichlorphenyl)-1,1-dimethylurea) (Sigma-Aldrich, St. Louis,
MO, USA). Assays at Sites 1A—1C, 2, 3, and 4 were amended with
DCMU. Due to sample limitation, assays at Site 1D (stromatolite)
were not amended with DCMU. To assess CO, assimilation in
the dark, vials (n = 3 replicates) or a plate (n = 3 replicates),
were amended with NaH!*CO; and completely wrapped in
aluminum foil. Assays were stopped by flash freezing vials or
plates on dry ice. All vials and plates were stored at —80°C until
processed (described below). Reported values of '*C-labeled DIC
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uptake (carbon fixation rates) reflect the difference in uptake
between the biomass in the assays that received NaH!*CO; and
the natural abundance biomass samples described below. For
comparisons between mean '>C uptake rates, a one-way ANOVA
followed by post-hoc pairwise comparisons between treatments
was conducted using a Turkey honest significant difference
(HSD) within the R software package (R version 3.3.2). Mean
rates with p < 0.05 were considered significantly different.

C and N Concentration and Stable Isotope
Signals

Natural abundance samples were collected at the time of
sampling and frozen until processed, except for the stromatolite
sample. To minimize sampling impact, the stromatolite natural
abundance sample were taken from Havig (2009), collected
from approximately the same location in 2005 and 2006 and
analyzed as described in Havig (2009). Assays were thawed
and biomass was washed with HCI (1 M) to remove any extra
13C-labeled DIC, triple washed with 18.2 MQ/cm deionized

water, then dried (60°C for 3 days). Natural abundance samples
were dried as described without the acid washing step used
for assay biomass samples. Previous work has demonstrated
that silica-saturated Yellowstone hydrothermal water sampled
is undersaturated with respect to carbonate minerals, and
that there was no effect from carbonate minerals on biomass
carbon stable isotope values (Havig, 2009). Recent work has
demonstrated intracellular precipitation of carbonate minerals
by thermophilic cyanobacteria (e.g., Benzerara et al., 2014).
However, these laboratory experiments were carried out under
alkaline conditions hindering our ability to directly translate
these affects to our samples from lower pH systems. Thus,
we assume any effects of carbonate mineral precipitation on
the carbon isotope signal to be negligible. Dried biomass
was ground/homogenized with a cleaned mortar and pestle
(ground with ethanol silica slurry, triple rinsed with 18.2
MQ/cm deionized water, dried). Dried and ground samples
for determination of C and N concentration and stable
isotope signal were weighed and placed into tin boats, sealed,
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and analyzed via a Costech Instruments Elemental Analyzer
(EA) periphery connected to a Thermo Scientific Delta V
Advantage Isotope Ratio Mass Spectrometer (IR-MS) at the
Stable Isotope Geochemistry Lab in the Department of Geology
at the University of Cincinnati, Cincinnati, OH, USA. Linearity
corrections were made using NIST Standard 2710, and 3'3C
values were calibrated using reference standards USGS-40 and
USGS-41 and checked with a laboratory working standard
(glycine). Total uptake of DIC was calculated using DIC numbers
determined for the source water (described above). All stable
isotope results are given in delta formation expressed as per mil
(%o). Carbon stable isotopes are calculated as:

$1°C = [((Ra)sample/(Ra)standard) —1]x 10°, (1)

where R, is the 13C/12C ratio of the sample or standard, and are
reported vs. the Vienna Pee Dee Belemnite (VPDB) standard.

Precautions were taken to minimize cross contamination
of natural abundance samples with incubation assays. Natural
abundance samples were processed and analyzed in turn, prior
to incubation assays. All laboratory processing and weighing
equipment was cleaned with 80% ethanol between each sample.
Standard checks and blanks were run within each analysis batch
(49 samples and standards per batch) to check for memory effects
or cross contamination of samples, with none detected.

Assimilation rates were calculated from the following
parameters: Absolute isotopic stable carbon ratios were used to
determine the difference between the total amount of *C in
natural abundance samples and incubation assay replicates. The
difference represents total mass of '*C-labeled DIC taken up
during incubations. Incubation duration times were recorded in
the field. Using the organic carbon content, the uptake rate is
then calculated from the total pg C taken up divided by the
grams of organic C per gram of sediment, and that was divided
by the number of hours the incubation was carried out over
(typically ~ 2 h).

DNA Extraction and Quantification

DNA was extracted from ~250 mg of biomass using a DNeasy
PowerSoil Kit (Qiagen, Carlsbad, CA, USA) according to
the manufacturer’s instructions. DNA was excreted from each
replicate sample (n = 3) and the concentration of DNA was
determined using a Qubit dsDNA HS Assay kit and a Qubit
3.0 Fluorometer (Invitrogen, Burlington, ON, Canada). The
concentration of DNA in the replicates was within 5% for each
sample. Equal volumes of each extraction was pooled and the
concentration of the pooled extract was determined as described
above. As a negative DNA extraction control, DNA was extracted
from the filter used for the field blank water sample (described
above). No DNA was detected in the control and sequencing
failed to generate amplicons (see below for amplicon sequencing
details).

Sequence Analysis

For archaeal and bacterial 16S rRNA gene sequencing, total DNA
was submitted to the Center for Bioinformatics & Functional
Genomics at Miami University (Oxford, OH, USA). Bacterial

and archaeal 16S rRNA gene sequences were targeted using
the primers 515f and 806rB (Caporaso et al, 2012; Apprill
et al,, 2015). For eukaryotic 18S rRNA sequencing, total DNA
was submitted to the Centre for Comparative Genomics and
Evolutionary Bioinformatics (CGEB) at Dalhousie University
(Halifax, Nova Scotia, Canada). Eukaryotic 18S rRNA sequences
were targeted using the primers (E572F) and (E1009) (Comeau
et al., 2011). Amplicons were sequenced using MiSeq Illumina
2 x 300 bp chemistry. Each sample was sequenced once. Post-
sequence processing was performed within the mothur (ver.
1.39.3) sequence analysis platform (Schloss et al., 2009) following
the MiSeq SOP (Kozich et al., 2013). Briefly, read pairs were
assembled and resulting contigs with ambiguous bases were
removed. Contigs were trimmed to include only the overlapping
regions and unique sequences were aligned against a SILVA-based
reference alignment and classified using a Bayesian classifier
within mothur against the Silva (v128) reference taxonomy.
Chimeras were identified in the aligned sequences using
UCHIME (Edgar et al., 2011) with the Silva SEED database (v128)
and removed from further analyses. Singletons were removed
using the remove.rare function within mothur. Following
removal of chimeras and singletons, sequences were binned
into operational taxonomic units (OTUs) based on a sequence
similarity of 97.0% for archaea and bacteria and 98% for eukarya
using the OptiClust algorithm. Rarefaction was calculated within
mothur and based on rarefaction analysis, >95% of the predicted
16S and 18S rRNA gene diversity was sampled at this depth of
sequencing (data not shown). Differences in archaeal, bacterial,
and eukaryotic community compositions were visualized using
non-metric multi-dimensional scaling (NMDS) ordination with
the R package Phyloseq (ver. 1.16.2; McMurdie and Holmes,
2013) using Bray-Curtis dissimilarities. Prior to ordination,
relative abundance for each data set was normalized by the
number of reads. Chaol species richness estimates and Shannon
diversity indices were calculated with Phyloseq. Results were
visualized with the R packages Phyloseq and ampvis (Albertsen
etal., 2015) (R version 3.2.4). Sequence data including raw reads,
quality scores and mapping data have been deposited in the
NCBI Sequence Read Archive (SRA) database with the BioProject
number PRJNA395419.

RESULTS

Geochemistry and Morphology

We targeted a site at GOPA in which phototrophic filaments,
mats and stromatolites grow within close proximity (Sites 1A-D)
(Figure 1). Site 1 contains green filaments (1A), green and
orange mats (1B and 1C, respectively), and stromatolites (1D),
and had a pH 6.3 and a temperature of 48.4°C. Three nearby
sites were also sampled which each contained a single type of
microbial structure: An upstream hot spring that contained a
green phototrophic mat (Site 2; Figure 1); purple phototrophic
filaments from a nearby pool (Site 3; Figurel); and gray
chemotrophic filaments were collected from a site downstream
(Site 4) (Figure 1). Site 2 had a pH of 6.1 and temperature
of 45.1°C whereas Site 3 which had the lowest pH (3.9) and
temperature (29.4°C) of our sample sites (Table 1). Site 4 had a

Frontiers in Earth Science | www.frontiersin.org

November 2017 | Volume 5 | Article 97


https://www.frontiersin.org/journals/earth-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/earth-science#articles

Schuler et al.

Hot Spring Biofilm Morphology vs. C-uptake

pH of 5.4 and the highest temperature (68.4°C) (Table 1). Sulfide
ranged from 1.3 to 2.3 wM in the sample sites. Concentrations
of Fe?* ranged from 4.1 to 7.0 WM in Sites 1, 2, and 4, whereas
Fe?t concentration was 43.0 .M at Site 3. Dissolved silica
concentrations ranged from 1.99mM at Site 2 to 4.68 mM at
Site 4 (Table 1). The DIC concentration was highest at Site 3
(7.91 mM), and was lowest at Site 4 (0.81 mM), with Sites 1 and
2 falling between those values (1.35 and 3.10 mM, respectively).
DIC §'3C values for the study sites were all close to zero, with
Sites 1 and 2 having positive values (1.98 and 1.38%o, respectively)
and Sites 3 and 4 having negative values (—2.52 and —0.76%o,
respectively).

C and N Content and $13C Natural

Abundance

The green filaments at Site 1A had the highest C (11.5%) and
N (1.8%) content of all morphologies included in the study
(Table 2). The green and orange mats from Sites 1B, 1C and
Site 2 ranged in C from 2.6 to 8.3% and N from 0.3 to 1.1%.
The carbon and nitrogen content of the stromatolite sample (1D)
and the purple phototropic filaments (Site 3) were similar to the
green and orange mats of Site 1, ranging from 3.0 to 4.8% C
and from 0.4 to 0.6% N. The gray filaments from Site 4 had the
lowest percent C and N of all samples, 1.8 and 0.2%, respectively.
The natural abundance 3'3C values of the biomass ranged from
—24.32%o (Site 4 purple filaments) to —11.01%o (Site 1A green

filaments) (Table 2). For mat samples, values ranged from —14.29
to —23.96%o whereas the purple phototrophic filaments (Site 3)
had $!C values of —24.32%0 compared to —11.01%o for the
green phototrophic filaments at Site 1 (1A) (Table 2). The gray
filaments at Site 4 had a 8'3C value of —23.48%o. The stromatolite
biomass (1D) had a §!*C value of —13.90%o. Incubation assay %
C and % N values for nearly all the sites were similar to those
of the natural abundance samples, and most of the incubation
assays with 13C label added had §!3C values more positive than
the natural abundance samples (Table S1). The only exception
was Site 3, where incubation assay carbon contents were higher
than the natural abundance samples, and the Dark and DCMU
treatments had 8'3C values indistinguishable from the natural
abundance samples. The large range in carbon content is likely
linked to the relative ages of samples collected, with organic
carbon content inversely correlated to the amount of amorphous
silica precipitate accumulated by the filaments (Havig, 2009;
Havig et al., 2011). The similarity between natural abundance and
Dark and DCMU incubation assays is linked to a lack of uptake
of 13C-labeled DIC (reported and discussed below).

Carbon Assimilation

A microcosm-based approach was employed to assess the
potential for inorganic carbon uptake in situ across morphologies
in the GOPA area through the addition of NaH!3CO;.
We assessed light-dependent and light-independent inorganic

TABLE 1 | Aqueous geochemistry of sites at the Greater Obsidian Pool Area (GOPA) where microcosms were performed.

Site pH T(°C)  Conductivity  SiO, cI- so3-  DpIc 313 Cpic Na* K+ Ca2*  Mg2+t Sulfide Fe2*

(nS/cm) (mM) (M) (mM) (mM) (%o) (mM) (mM)  (mM)  (mM) (M) (M)
Site1 628 484 1,625 2.31 8.24 2.70 1.35 1.98 12.81 1.12 0.15 0.03 2.25 6.45
Ste2  6.07  45.1 762 1.99 1.98 1.33 3.10 1.38 404 073 0.62 0.36 2.20 4.12
Ste3  3.87  29.4 867 2.04 1.48 3.11 7.91 —252 386 073 0.55 0.40 1.8 42,97
Ste4 544 684 1,633 4.68 7.85 2.96 0.81 -0.76 1250  1.05 0.14 0.04 1.69 7.04

Sample locations are indicated in Figure 1. SiO», sulfide, and Fe?+ measured via spectrophotometry. Dissolved inorganic carbon (DIC) measured via IR-MS. CI~ and sof; measured
via IC Nat, Kt, Ca®*, and Mg®*+ measured via ICP-MS. Site2 dissolved silica(SiO») analysis from 2017. DIC §'3 values (573Cpyc) reported vs. VPDB. Value in italics from Havig (2009).

TABLE 2 | Carbon assimilation rates and $3C natural abundance.

Site Biofilm Description Carbon uptake rates (ng C/g biomass C/hr) C (%) N (%) 313¢c (%o)
Total C Oxygenic Photo.? Anoxygenic Photo.P Chemoautotrophy
Site 1A Filaments P 300.6 (£32.4)  261.6 (£32.6) 27.2 (+3.4) 11.8 (£0.2) 11.45 1.80 —11.01
Site 1B Mat P 134.0 (+42.2) 109.7 (+42.4) 10.6 (+4.2) 13.6 (+1.5) 3.25 0.36 —23.96
Site 1C Mat P 78.2 (£19.4) 62.3 (£19.5) 5.5 (+£2.7) 10.3 (+£2.3) 2.61 0.28 —-21.97
Site 1D Stromatolite P 39.6 (+4.0) 38.2 (+4.0) nd 1.4 (£0.6) 4.77 0.60 -13.90
Site 2 Mat P 39.5 (£20.0) 28.4 (£20.0) nr 11.1 (£0.4) 8.26 1.05 —14.29
Site 3 Filaments P 46.7 (£10.6) 45.8 (+£10.6) 0.9 (£20.0) 0 3.02 0.36 —24.32
Site 4 Filaments (¢} 18.1 (+£1.6) N/A N/A 18.1 (+£1.6) 1.75 0.17 —23.48

Sample locations are indicated in Figure 1. DIC §'3C values are provided in Table 1.

a0xygenic photoautotrophic carbon uptake calculated from light treatment carbon uptake minus DCMU or dark treatment carbon uptake.
b Anoxygenic photoautotrophic carbon uptake calculated from DCMU treatment uptake minus dark treatment carbon uptake. C, N, and §"3C reported for natural abundance samples.
P, phototrophic; C, chemotrophic; nd, not determined; nr, null result; N/A, not applicable. 73 C values reported vs. VPBD. Site 1D % C, % N, and 8'3C values from Havig (2009). Value

in italics from Havig (2009).
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carbon uptake in green mats, orange mats, green filaments and
stromatolites in Sites 1 and 2 as well as the purple filaments
from Ssite 3, and gray filaments from Site 4. The highest rates of
inorganic carbon uptake we observed were in the green filaments
from Site 1 (1A) when exposed to light (300.6 pg C/g Chiomass/hr)
(Table 2; Figure 2). We also observed light dependent inorganic
carbon uptake in the green mat (Site 1B) and orange mat from
site 1 (134.0 and 78.2 pg C/g Cpiomass/h1, respectively) (Table 2;
Figure 2). Light-dependent inorganic carbon uptake rates in
the stromatolite (Site 1D), Site 2 green mat, and Site 3 purple
filaments were lower (39.6, 39.5, and 46.7 ng C/g Chiomass/hL
respectively) (Table 2; Figure 2).

The potential for light-independent primary productivity
(chemolithoautotrophy) was observed in all sites except the
purple filaments of Site 3. In all samples except the gray
filaments at Site 4, inorganic carbon uptake rates were higher
in the light compared to those in the dark. At Site 4, no
significant difference was observed between NaH!*COj3 uptake
in the light vs. dark (Table2; Figure 2) which suggests only
chemoautotrophic primary productivity occurs in the gray
filaments. No incorporation of NaH!CO; in the dark was
observed in the filaments from Site 3 (Table 2; Figure 3). In the
Sites 1 and 2, dark primary productivity ranged from 1.4 pg C/g
Chiomass/hr in the stromatolite to 10.3-13.6 g C/g Cpiomass/hr in
the orange and green mats, respectively (Table 2; Figure 2).

A subset of in situ microcosms were performed in the
presence of DCMU to assess the potential for PSII-independent
(anoxygenic) photosynthesis. Incorporation of NaH!>CO3 was
observed in the presence of DCMU in the green filaments,
green mat, and orange mat from Site 1 (1A, 1B, and 1C), with
anoxygenic photosynthesis (calculated from DCMU treatment
minus dark treatment uptake values) contributing from 5.5
to 27.2 ug C/g Cpiomass/hr (Table 2; Figure 2). Similar to the
light-dependent microcosms, rates of anoxygenic photosynthesis
NaH'>CO; uptake were highest in the green filaments at Site
1 (1A) (Figure2). Based on the lack of evidence for light-
independent primary productivity, our observations indicate
carbon fixation in the purple filaments occurs through the activity
of oxygenic phototrophs. Rates of NaH!3COj3 incorporation
at Site 4 in assays amended with DCMU were less than the
light and dark treatments, suggesting potential inhibition of
chemoautotrophic carbon uptake.

Community Composition and Diversity

Following quality control, merging of contigs, and removal
of chimeras and singletons, we recovered 334,832 16S rRNA
sequences with an average length of 253 bp and 283,868 18S
rRNA sequences with an average length of 440 bp (Table S2).
The libraries ranged in size from ~13,000 to 118,904 total
sequences following quality control. At a sequence identity of
97%, we recovered 263 OTUs affiliated with archaea and 10,353
OTUs affiliated with bacteria. At a sequence identity of 98%, we
recovered 3,276 18S rRNA OTUs. Species richness, estimated
using Chaol, was highest for bacterial OTUs in the green mat
from Site 1 whereas archaeal Chaol richness was highest in the
gray filaments from Site 4 (Figure S2). The highest estimated
Chaol richness for the eukaryotic libraries was observed in

the purple filaments from Site 3 (Figure S2). The stromatolite
from Site 1 had the lowest estimated richness. For bacteria,
the Shannon diversity index was highest in the mat samples
from Site 1 and 2 as well as the purple filaments from Site 3.
Bacterial diversity was lowest in the gray filaments from Site 4.
The Shannon diversity of archaeal OTUs was highest in the green
mat from Site 2. Values for the Site 1 samples were similar while
archaeal diversity was the lowest in the purple filaments from
Site 3. The highest Shannon diversity for the eukaryotic libraries
was observed in the orange mat and stromatolite samples from
Site 1. The green filaments at Site 1 and green mat from Site
3 had the lowest values of Shannon diversity in the samples.
An NMDS analysis of Bray-Curtis similarities in the bacterial,
archaeal, and eukaryotic data indicate the communities from Site
1 and Site 2 are more closely related than those in the purple
filaments from Site 3 and the gray filaments from Site 4 (Figure
$3). Microbial communities from Site 3 and Site 4 are distinct.
These data are consistent with similarity in physicochemical
characteristics of Site 1 and Site 2 compared to Site 3 (acidic pH,
lower temperature) and 4 (higher temperature).

Bacteria
The majority of bacterial OTUs recovered were affiliated
with  Cyanobacteria, =~ Betaproteobacteria, ~ Deinococci,

Alphaproteobacteria, Ignavibacteria, and Aquificae (Figure 3A;
Figure SI1A). Consistent with evidence for light-dependent
primary productivity in the majority of the samples (Figure 3,
Table 2), OTUs affiliated with Cyanobacteria were abundant in
the mats, filaments and stromatolite in Sites 1 and 2. In particular,
OTUs affiliated with Cyanobacteria accounted for > 95% of
the total sequences in the green filaments in Site 1A, > 65%
of the total sequences in the stromatolite, and ~30% of the
total sequences in Sites 1B (green mat), 1C (orange mat), and
Site 2 (green mat) (Figure 3A). Cyanobacterial OTUs affiliated
with Thermosynechococcus spp were abundant in the green
filaments and green and orange mats in Site 1 (1A, 1B, and 1C)
and comprised a small fraction of the bacterial OTUs recovered
from the purple filaments (Site 3). In particular, a single OTU
assigned to Thermosynechococcus was recovered from Site
1 samples, accounting for up to 10% of the total sequences.
Thermosynechococcus spp. are common oxygenic phototrophs
in hot springs with moderate temperatures (Everroad et al.,
2012). Consistent with previous studies of stromatolites in
GOPA (Berelson et al., 2011; Pepe-Ranney et al., 2012), OTUs
affiliated with mat-forming Chlorogloeopsis spp. and filamentous
Fischerella spp. were recovered from the stromatolite sample
(Site 1D). A single OTU of Chlorogloeopsis accounted for ~10%
of the cyanobacterial sequence recovered from the stromatolite
while smaller numbers of this OTU were recovered from the
other Site 1 samples and Site 2. In YNP, both Chlorogloeopsis spp.
and Fischerella spp. have been observed to predominate in lower
pH springs where Synechococcus is absent (Castenholz, 1977,
1978). OTUs affiliated with unicellular Gloeocapsa spp. and the
filamentous cyanobacteria Arthronema and Leptolyngbya spp.
were also recovered from the samples in Site 1 and Site 2. Single
OTUs assigned to Gloeocapsa and Leptolyngbya accounted for
30% of the total sequences in the green mat from Site 1. The
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FIGURE 2 | Carbon assimilation rates. Error bars obtained from triplicate measurements. An asterisk indicates rates which are statistically different (P < 0.05).

same OTU was recovered from the green filaments at Site 1
but in much lower abundance (~3%). Sequences affiliated with
Leptolyngbya have been recovered from coniform structures
in YNP (Reyes et al., 2013). We also recovered OTUs affiliated
with phototrophic members of the Chlorobi and filamentous
anoxygenic phototrophs (FAPs) of the phylum Chloroflexi
(Roseiflexus spp.). Sequences affiliated with these are commonly
observed in hot spring phototrophic mats (Klatt et al., 2011;
Tank et al, 2017) and could contribute to light-dependent
inorganic carbon uptake in the presence of DCMU (anoxygenic
photosynthesis) observed in Sites 1A, 1B, 1C and Site 2 (Figure 3;
Table 2).

OTUs affiliated with Sphingobacteria accounted for the
majority of sequences (~97%) recovered from the purple
filaments in Site 3 (Figure 3A). Sphingobacteria have been
recovered from geothermal springs that are more alkaline (pH
range of 7.7-9.5) than that found at Site 3 (pH 3.9) (Tekere
et al,, 2011; Tobler and Benning, 2011). OTUs affiliated with
Aquificae, a hyperthermophilic chemoautotroph found in both

terrestrial hot springs as well as hydrothermal vents (Hiigler et al.,
2007), were recovered from all sites and were abundant in Site 4
(~94% relative abundance) (Figure 3A). A single Aquificae OTU
in Site 4 accounted for ~75% of the total sequences recovered
from the gray filaments. The same OTU was recovered from
Site 1 and Site 2. The majority of Aquificae OTUs recovered,
including the abundant OTU from Site 4, were most closely
related to Sulfurihydrogenibium spp., which are common in
flowing hot springs where they form filamentous masses that
precipitate iron and sulfur minerals (Reysenbach et al., 2005).
OTUs affiliated with Ignavibacteria were recovered from the
green and orange mats in Site 1 (1B and 1C) and the green
mat in Site 2 (Figure 2A). The Ignavibacteria OTUs were most
closely related to Ignavibacteriales assigned to the Families SR-
FBR-L83 and TheB3-7. Neither have cultured representatives but
a close relative of SR-FBR-L83 is a moderate thermophile and
facultative anaerobe that can respire diverse electron acceptors,
e.g., Fe(IlT), NO;, and ASOi_ (Podosokorskaya et al., 2013).
OTUs affiliated with Deinococci (Thermus and Meiothermus
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FIGURE 3 | Composition of small subunit rRNA gene sequences for (A)
bacteria, (B) archaea, and (C) eukarya from microbial samples equivalent to
those used for carbon uptake experiments at Sites 1, 2, 3, and 4. OTUs for
each library were binned at the Class level. For eukarya and bacteria, only
OTUs which were present in 50% or more of the samples are presented.
Sample locations are indicated in Figure 1.

spp.) and Betaproteobacteria were recovered from all of the
samples except the purple filaments of Site 3. The same Thermus
OTU was recovered from the stromatolite and gray filament

samples, accounting for ~5% of the sequences whereas an OTU
assigned to Meiothermus accounted for ~5-6% of the sequences
in the orange and green mats from Site 1. Deinococci are
common in hot springs that range in pH 6.0-9.0 and temperature
ranges from 45 to 57°C (Ferreira et al., 1997) while sequences
affiliated with diverse Betaproteobactera have been recovered
from hot springs ranging in temperature from 29 to 57 °C and pH
ranges from acidic to alkaline (pH 2.7-8.0) (Kanokratana et al.,
2004; Jiménez et al., 2012; Coman et al., 2013).

Archaea

The majority of archaeal OTUs affiliated were assigned to
Thermoprotei or Woesearchaeota (Figure 3B; Figure S1B).
Woesearchaeota (formerly in the Euryarchaeota DHVEG-6
cluster) (Castelle et al., 2015) OTUs were most abundant in
samples from Sites 1 and 2, accounting for 50-75% of the
total sequences recovered from these samples (Figure 3B).
Sequences affiliated with Woesearchaeota have been recovered
from diverse environments ranging from surface waters of
oligotrophic high-altitude lakes (Ortiz-Alvarez and Casamayor,
2016), stratified microbial mats (Saghai et al., 2017), sediments,
plankton and hydrothermal vents (Robertson et al, 2009;
Pachiadaki et al., 2011), and hot springs (Kan et al., 2011).
A single Woesearchaeota OTU accounted for 45-50% of the
sequences recovered from the green and orange mats from
Site 1. OTUs affiliated with Thermoplasmata, typically found
in acidic environments, hot springs, and acid main drainage
sites with pH as low as 3.2 and temperatures as high as
84°C (Song et al,, 2013), were abundant in Site 3 (~99%)
with a Thermoplasmata OTU accounting for >41% of the
total sequences. The majority of OTUs in Site 4 (>96%) were
affiliated with Thermoprotei including 2 OTUs affiliated with
Acidilobus spp. and an OTU affiliated with Sulfolobus spp.
which together accounted for ~70% of the total sequences.
Sequences affiliated with chemolithoautotrophic Thermoprotei
(i.e., Acidilobus spp.) as well as the sulfur oxidizing Sulfolobus
spp. are commonly recovered from acidic hot springs, mud pots,
and hydrothermal marine environments that range from 65 to
100°C (Brock et al., 1972; Garrity et al., 2001). Small numbers of
OTUs affiliated with Deep Sea Euryarchaeotic Group, Terrestrial
Hot Spring Gp, Miscellaneous Crenarchaeotic Group, Marine
Group I, and two classes of methanogens, Methanobacteria and
Methanomicrobia were also recovered from the majority of the
samples (Figure 3B).

Eukarya

The majority of eukaryotic OTUs recovered were affiliated
with Bdelloidea (Rotifers) and Zygnematophyceae (green algae)
(Figure 3C; Figure S1C). OTUs affiliated with Bdelloidea were
abundant in the Site 1 and Site 2 samples. Bdelloidea have
been found to inhabit hot springs at temperatures up to
~45°C (McDermott and Skorupa, 2011) and thus they could
be active under the conditions in Sites 1 and 2. However,
Bdelloidea can undergo cryptobiosis, a stage of dormancy, in
response to extreme environmental conditions (Pejler, 1995).
This could explain the recovery of 18S rRNA gene sequences
affiliated with Bdelloidea from these sites, especially Site 4
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(68.4°C), where the temperature exceeds their maximum known
temperature tolerance (~45°C). In the purple filaments from
Site 3, OTUs affiliated with the green alga Zygnematophyceae
(Zygogonium) accounted for the majority of sequences recovered
(~98%). Mats of Zygogonium filaments are common in
and near acidic geothermal springs with temperatures below
40°C (Lynn and Brock, 1969) (Site 3: pH of 3.87, 29.4°C).
The recovery of abundant 185 rRNA OTUs affiliated with
Zygnematophyceae from Site 3 suggests the light-dependent
inorganic carbon uptake observed can be attributed to this
eukaryotic oxygenic phototroph. Consistent with previous
characterization of stromatolites in GOPA (Berelson et al., 2011;
Pepe-Ranney et al., 2012), we also recovered a small number of
OTUs (10 OTUs) affiliated with diatoms from our stromatolite
samples (Site 1D).

DISCUSSION

Carbon Uptake and Microbial Community
Morphology

The rock record preserves microbially generated structures,
including filaments, mats, and stromatolites. Among these,
stromatolites are the most often preserved microbial structures
recovered from ancient rocks. Stromatolites have been found in
rocks dating back to 3.5 Ga (e.g., van Kranendonk et al., 2008;
Wacey, 2010), and putative stromatolite-like features before 3.7
Ga (Nutman et al., 2016). In general, stromatolites are assumed
to be generated at least in part by the activity of phototrophic
microbial communities in shallow water environments (Riding,
2011; Stal, 2012). Microbial mat and filament features are much
less common in the rock record, and when present are usually
found as microfossils in chert (e.g., Buick, 1990; Schopf, 1993;
Schieber, 1998; Tice and Lowe, 2004; Noffke et al., 2006). The
dominant architects of modern microbial mats and filaments
can be photoautotrophs or chemoautotrophs, confounding the
interpretation of these structures in the rock record. Preferential
preservation of stromatolites over mats and filaments may
generate an inherent bias toward assuming stromatolites as a
major driving force in productivity and generating oxygen. In the
present study, we sought to constrain the role of environmental
factors to examine community composition and productivity
in predominantly phototrophic microbial structures commonly
encountered in the rock record. Specifically, we targeted a
geothermal feature in the Mud Volcano Area of Yellowstone
National Park where the same pool (Site 1, Figure 1) contains
a natural succession of filaments, mats, and stromatolites. Our
study also includes samples of phototrophic mat, eukaryotic
phototrophic filaments, and chemotropic filaments from nearby
hot springs to help constrain ambiguity in interpreting these
structures in the rock record.

Primary Productivity in Filaments, Mats,

and Stromatolites

Key Differences in Carbon Uptake and Potential
Oxygen Production by Structures in Site 1

At Site 1, four predominantly cyanobacterial phototrophic
microbial communities were assessed for carbon uptake rates,

a filamentous community (Site 1A), two mat communities (a
green mat at Site 1B and an orange-green mat at Site 1C), and
a stromatolite community (Site 1D) (Figure 1). Of these, the
filamentous community at Site 1A exhibited the greatest rate
of carbon uptake of 300.6 g C/g Cpiomass /hr. The treatment
conducted in the dark for quantifying chemotrophic carbon
fixation for Site 1A had an uptake rate of 11.8 g C/g Cpiomass /h1
and the treatment quantifying anoxygenic photosynthesis yielded
272 ng Clg Cpiomass/hr above that of the chemotrophic
background (i.e., Dark subtracted from DCMU). From this, we
calculate oxygenic photosynthesis at Site 1A accounts for ~83%
of carbon fixation by the microbial community, or 261.5 ug C/g
Chiomass/hr. Based on the carbon fixation reaction of oxygenic
photosynthesis (CO, + H,O — CH;0 + 0O,), the filament
community is generating 21.8 pmol O3/g Cpiomass/hr-

Two visually and spatially distinct subaqueous mat
communities at Site 1 (Site 1B green mat and Site 1C orange-
green mat, Figure 1) yielded lower uptake rates than the Site
1A filaments (Table2). Of the mat sites, the Site 1B green
mat exhibited a higher overall carbon uptake rate than the
Site 1C orange-green mat, with a total carbon uptake rate
of 134.0 pg C/g Chiomass/hr from a combination of oxygenic
photosynthetic carbon uptake (109.4 png C/g Chiomass/hr),
anoxygenic photosynthetic carbon uptake (10.6 pg C/g
Chiomass/hr) and chemotrophic carbon uptake (13.6 pg C/g
Chiomass/hr). The Site 1C orange-green mat had an overall carbon
uptake rate of 78.2 g C/g Cpiomass /h1, from a combination of
oxygenic photosynthesis (62.3 g C/g Cpiomass /hr), anoxygenic
photosynthesis (5.5 png C/g Cpiomass/hr), and chemotrophic
(10.3 g C/g Chiomass’hr) carbon uptake. These values equate
to oxygen production of 9.1 pmol O3/g Cpiomass/hr for the Site
1B green mat and 5.2 pmol O2/g Cpiomass’hr for the Site 1C
orange-green mat. The stromatolite community (Site 1D) had
the lowest overall carbon uptake rates measured from Site 1, with
a total uptake rate of 39.6 g C/g Cpiomass/ht; and a chemotrophic
uptake rate of 1.4 ug C/g Cpiomass/hr (anoxygenic photosynthesis
was not quantified due to sample size limitations).

The amount of carbon uptake attributed to anoxygenic
photosynthesis for Sites 1A, 1B, and 1C ranged from 7.1 to 9.1%
of total carbon uptake. From these data, if we assume an average
value (~8%) of total carbon uptake attributed to anoxygenic
photosynthesis for the stromatolite community, this activity
would account for 3.2 pg C/g Cpiomass/h1; leaving 35.0 pg Clg
Chiomass/hr attributed to the activity of oxygenic photosynthesis.
From this, we estimate oxygen production by the stromatolite
community at 2.9 pwmol O3/g Cpiomass/hr. This value is 55.7-
31.9% of the O, production by the mats, and nearly an order
of magnitude lower than the filaments. Our results suggest
ancient phototrophic filamentous and mat communities could
have generated more O, per unit biomass than stromatolites.

Because methods employed to determine carbon fixation rates
vary (*C vs. C, normalization) and our O, production rates are
calculated from inorganic carbon uptake, it is difficult to compare
to studies reporting primary productivity in hot springs which are
host to photoautotrophs. The topography of mats, filaments, and
stromatolites further complicates the issue (Bauld et al., 1979).
Values of 156 mmol of O, dm®~! h~! have been report for oxygen
production in phototrophic mats in Yellowstone National Park
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(Octopus Spring) (Revsbach and Ward, 1984). Considering our
samples are cm scale, our values from the phototrophic mats are
consistent. Filaments in thermal spring in Mount Lassen National
Park produced 0.33 to > 8 g of O, m2~! (Stockner, 1968), which
is again consistent with our observations for the phototrophic
filaments in this study. In enrichment cultures of cyanobacteria
that from conical stromatolites in YNP, oxygen production rates
of ~1.5 nmol O, ml~! were observed (Bosak et al, 2012).
Ignoring biomass, we assume this equates to 90 nmol of O, hr~!
which is less than we estimate for our stromatolite sample. In
mildly acidic hot springs in YNP, rates of inorganic carbon uptake
by predominantly phototrophic communities (presumably mats
and filaments) ranged from below 0.001 pug C hr~! to ~0.5 g C
hr~! (Fecteau, 2016) and in phototrophic mats in YNP, rates of
inorganic carbon uptake ranged from less than 0.1 pg C g N~}
hr=! to 157 ug C g N~! hr=! (Boyd et al.,, 2012). These studies
are consistent with our observations for mats and filaments.

Chemoautotrophic vs. Photoautotrophic Rates of
Primary Productivity Across Varying Geochemistry
For comparison of the microbial communities at Site 1, three
other sites were sampled and carbon uptake experiments
conducted. Site 2 had a temperature (45.1°C) and pH (6.1)
similar to Site 1, and had a subaerial photosynthetic mat
growing at the air-water interface (Figure 1) with a microbial
community structure similar to those at Site 1 (Figure 2). Site
3 was a nearby pool that was cooler (29.4°C) and had a
lower pH (3.9). The purple filaments at Site 3 were comprised
of sequences affiliated eukaryotic phototrophs (Figures1, 2).
Site 4 was located downstream of a hydrothermal source in
the confluence outflow of Sites 1 and 3. Site 4 had a higher
temperature (68.4°C) and slightly lower pH (5.4) than Site 1 and
a predominantly bacterial chemotrophic filamentous microbial
community present (Figures 1, 2).

At Site 2, the photosynthetic mat had an overall carbon
uptake rate of 39.5 g C/g Cpiomass/hr, with 28.4 g C/g Chiomass
C/hr attributed to uptake by oxygenic photosynthesis and 11.1
g C/g Chiomass/hr to chemotrophic carbon uptake (anoxygenic
photosynthesis uptake experiments yielded a null result). From
the total oxygenic photosynthesis uptake rate, conversion to O,
production yields a rate of 2.4 pwmol O2/g Cpiomass/h1, similar to
those observed for the stromatolite sample (Site 1D).

The predominantly eukaryotic photosynthetic filaments from
Site 3 had an overall carbon uptake rate of 46.7 png C/g
Chiomass/ht, with 0.9 g C/g Cpiomass/hr attributed to anoxygenic
photosynthesis (as determined by the DCMU treatments) and no
carbon uptake attributed to chemoautotrophy (dark treatments),
giving an oxygenic photosynthesis carbon uptake rate of 45.8
ng C/g Chiomass/hr. Converting the carbon uptake attributed to
oxygenic photosynthesis to O, production rates yields a rate of
3.8 pmol O3/g Cpiomass/hr; similar to the Site 1D stromatolites.

Site 4 contained predominantly bacterial chemoautotrophic
filaments that had an overall carbon uptake rate of 18.1 ng
C/g Chiomass/hr. Incubating the filaments in the dark yielded
a carbon uptake rate of 21.3 png C/g Cpiomass/hr, similar to
the light incubation values, showing no significant difference
between light-dependent and light-independent carbon uptake

(Figure 2). These uptake rates are consistent with uptake rates
of 0.1 pg C g N hr! to 11 pg C g N! hr™! reported
for chemotrophic microbial communities in other YNP hot
springs (Boyd et al., 2012). Treatment with DCMU yielded lower
carbon uptake rates (13.1 g C/g Cpiomass/hr) (Figure 2). Because
there was no difference in carbon uptake rates between the
light and dark treatment (and phototrophs were not recovered;
Figure 3), the decreased carbon uptake rates in the presence of
DCMU suggests DCMU may inhibit chemoautotrophy. DCMU
inhibits photosystem II (required for oxygenic photosynthesis)
thus amendment with DCMU should represent the contribution
of photosystem II-independent anoxygenic photoassimilation of
inorganic carbon as well as chemoautotrophic carbon fixation.
If chemoautotrophy is inhibited by DCMU addition, our rates
of anoxygenic photosynthesis (determined by subtracting the
DCMU treatment rate from the dark treatment rate) may
represent an underestimation.

In our study, light-dependent carbon uptake rates by the
stromatolite exceeded carbon uptake of the chemotrophic
filaments exposed to light (Site 4). Considering the majority
of carbon fixation in stromatolites is light-dependent (39.6
g C/g Chiomass/hr), during daylight hours, the stromatolite
has the potential to exceed carbon uptake of chemotrophic
filaments ~2-fold. However, presumably chemoautotrophs fix
carbon regardless of light cycle. In our study, rates of light-
independent carbon fixation for the gray filaments far exceeded
the stromatolite (21.3 g C/g Cpiomass/hr compared to 1.4 3
g C/g Chiomass’hr). As a result, the chemotrophic filaments
examined in this study have the potential to fix at least as much
carbon as the stromatolite over a 24 h period. The observation
that chemoautotrophy contributes to primary productivity
in this stromatolite community where photoautotrophs
appear abundant is consistent with recent observations of
chemoautotrophy in shallow-(sea)water hydrothermal systems
(Gomez-Saez et al.,, 2017) as well as other studies in YNP
(Boyd et al,, 2012; Fecteau, 2016); however, no cyanobacteria
were recovered from the shallow vent system. Regardless, our
data underscore the need for more studies considering the
contribution of both chemo- and photoautotrophic communities
to microbial structures and resulting signals recorded in the rock
record.

Modern and Rock Record Biomass

We compiled examples of literature values for organic
carbon 33C of biomass from hydrothermal filaments,
mats, and stromatolites, including chemoautotrophic and
photoautotrophic communities. These values ranged from
—26.6 to —3.2%o, bracketing the range of —24.3 to —11.0%o
observed in this study (Figure 4). Previous work in hydrothermal
systems demonstrated a link between carbon fixation pathways
(with different potential fractionation factors) present and
biomass 8!3C values, suggesting signals in the rock record are
likely influenced by the predominant autotrophic community
members present (Havig et al., 2011). Fractionation values
(biomass 8'3C values found in Table 2 minus DIC §3C values
found in Table 1) for the microbial morphologies studied ranged
from —13.0%o for Site 1A green filaments to —25.9%o for Site
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1B green mat. Fractionation values differed slightly from their
absolute values due to the DIC §!*C values for the hot springs
studied being close to zero (1.98 to —2.52%o, Table 1). These
DIC values are similar to other analyses of DIC 8'3C values
reported for silica-saturated hot springs located within or near
the 640 Ka caldera boundary in Yellowstone National Park
(Havig, 2009; Havig et al., 2011). We used these fractionation
ranges to compare our results to those observed in the rock
record. Assuming average ocean DIC $'3C values through

time have remained nearly constant at ~0%o (Havig et al,
2017 and references therein), and that organic carbon in the
rock record predominantly represents fractionation values by
autotrophic microorganisms (Havig et al., 2011, 2017), we can
plot known reported organic C 8!3C values of filaments, mats,
and stromatolites from the rock record for comparison. Average
values of rock units with stromatolites, mats, and filaments
present reported in the literature overlap with fractionation
values reported in this study (Figure 4), suggesting relationships
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observed in modern sites may provide insight into processes
recorded in the rock record. In our study of modern structures,
mats, filaments and stromatolites were indistinguishable based
on §!3C values yet we observed significant differences in primary
productivity.

Microbial Assemblages in Filaments, Mats,

and Stromatolites

The phototrophic filaments, mats and stromatolites are
comprised largely of sequences affiliated with Cyanobacteria
including OTUs most closely related to filamentous species of
Fischerella, Leptolyngbya, Arthronema, and Thermosynechococcus
spp. which are found in hot springs with temperatures similar to
those reported in this study. Bacterial 16S rRNA OTUs affiliated
with FAPs of the phylum Chloroflexi were also recovered from
mat and stromatolite samples. These data suggest multiple
filament-forming species comprise these structures. Sequences
affiliated with the mat forming cyanobacteria Chlorogloeopsis
were also recovered from the stromatolite samples as well
as diatoms. In addition to these structure-forming species,
we also recovered abundant OTUs affiliated with unicellular
cyanobacteria and photoautotrophic Chlorobi. The recovery
of diverse photoautotrophs from the stromatolite is consistent
with studies of Sharkbay stromatolites and modern freshwater
stromatolites from the Ruidera Pools Natural Park, Spain and
YNP where sequences of both Cyanobacteria and Chloroflexi
were recovered (Papineau et al., 2005; Santos et al., 2010; Berelson
et al,, 2011; Pepe-Ranney et al., 2012). These results indicate
cyanobacterial-dominated mats, filaments, and stromatolites
can be comprised of functionally similar assemblages (abundant
oxygenic photoautotrophs), that vary in community composition
at the OTU level as well as primary productivity potential and
overall morphology. In contrast, the purple filaments from
Site 3 were largely eukaryotic, with the majority of sequences
related to the green alga Zygogonium. In this acidic system
where no light-independent carbon fixation was observed, the
photoautotrophic Zygogonium appear to be the major structure-
forming species. This is consistent with the predominance
of eukaryotic algae (rather than cyanobacteria) in low pH
environments which support photosynthesis (Brock, 1973). In
Site 4, the majority of sequences recovered were affiliated with
the filamentous autotrophic Aquificae Sulfurihydrogenibium
suggesting this bacterium is responsible for filament formation in
this environment. Aquificae are common in YNP environments,
particularly those above 73°C, the upper temperature limit of
phototrophs. Our data do not reveal clear trends in diversity
with morphology, geochemistry, or productivity—bacterial
diversity was highest in samples from Site 1, Site 2, and Site 3
whereas archaeal diversity was highest in the green mats from
Site 2 and lowest in filaments from Site 3 and 4. Eukaryotic
diversity was lower in general but this may be due to geochemical
conditions that generally preclude eukaryotes in our sample
sites (particularly Site 4). Our results suggest mat, filament, and
stromatolite structures throughout Earth’s history have been
comprised of varying degrees of microbial diversity and function,
dictated largely by environmental conditions (particularly for

mats and filaments), underscoring the need for studies of
extant structures. Collectively, our isotopic data and community
composition data are consistent with previous ambiguities (i.e.,
similar morphologies exist in different environments; carbon
fixation pathways can produce biomass that is indistinguishable;
e.g., Havig, 2009; Havig et al., 2011, 2017) and also highlights
differences in potential primary productivity that should be
considered when interpreting the rock record.

Microbial Community Productivity and
Conceptual Model

Stromatolites have been readily preserved in the rock record since
the Archean (e.g., van Kranendonk et al., 2008; Wacey, 2010;
Nutman et al., 2016; Djokic et al., 2017), but filaments and mats
have not been as well preserved, potentially obfuscating their role
in carbon uptake and oxygen production in the past. Through
studying multiple microbial community macrostructures within
a single hot spring, we relate morphology to carbon uptake, and
estimate oxygenic photosynthetic production of. For filaments,
mats, and stromatolites found at Site 1, the stromatolites (Site
1D) had the lowest carbon uptake rates and the lowest inferred
O, production. The two photosynthetic mats present (Sites
1B and 1C) exhibited higher rates of carbon uptake (2.0-
3.4 times greater) and associated oxygenic photosynthesis O;
production that were greater than the stromatolite sample. We
measured the highest rate of carbon uptake (nearly an order of
magnitude greater than the stromatolite sample) and oxygenic
photosynthesis O, production in the photosynthetic filaments at
Site 1A. We illustrate these results with a conceptual model of
the observed relationship between productivity and preservation
potential (Figure 5). Our results suggest a negative correlation
between preservation potential and productivity: phototrophic
filaments are more productive but have the lowest preservation
potential whereas low productivity stromatolites have the highest
preservation potential.

CONCLUSIONS

Here we present primary productivity and community
composition data for filaments, mats, and stromatolites
which are observed in the rock record and attributed to life.
We demonstrate significant differences in primary productivity
between structures from the same hot spring despite similarities
in microbial community structure (at the Phylum level) and
geochemistry. Our data highlight important differences in
primary productivity between structures with ambiguous
biomass §!*C values and suggest stromatolites may represent low
productivity end members of phototrophic microbial community
compositions. Collectively, these data underscore the need to
consider a larger role for microbial mats and filaments in carbon
fixation and O, generation during the Archean and Proterozoic.
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