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Monocytes enter sites of microbial or sterile inflammation as the first line of defense of the 
immune system and initiate pro-inflammatory effector mechanisms. We show that acti-
vation with bacterial lipopolysaccharide (LPS) induces them to undergo a metabolic shift 
toward aerobic glycolysis, similar to the Warburg effect observed in cancer cells. At sites 
of inflammation, however, glucose concentrations are often drastically decreased, which 
prompted us to study monocyte function under conditions of glucose deprivation and 
abrogated Warburg effect. Experiments using the Seahorse Extracellular Flux Analyzer 
revealed that limited glucose supply shifts monocyte metabolism toward oxidative phos-
phorylation, fueled largely by fatty acid oxidation at the expense of lipid droplets. While 
this metabolic state appears to provide sufficient energy to sustain functional properties 
like cytokine secretion, migration, and phagocytosis, it cannot prevent a rise in the AMP/
ATP ratio and a decreased respiratory burst. The molecular trigger mediating the meta-
bolic shift and the functional consequences is activation of AMP-activated protein kinase 
(AMPK). Taken together, our results indicate that monocytes are sufficiently metabolically 
flexible to perform pro-inflammatory functions at sites of inflammation despite glucose 
deprivation and inhibition of the LPS-induced Warburg effect. AMPK seems to play a 
pivotal role in orchestrating these processes during glucose deprivation in monocytes.
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inTrODUcTiOn

Circulating monocytes in the peripheral blood are part of the first-line defense of the immune 
system and are among the first cells entering sites of inflammation. There, they react to a multitude 
of danger signals with a uniform set of effector mechanism including activation of the multiprotein 
complex of the inflammasome (1–3).

Activation of monocytes by lipopolysaccharide (LPS) leads to cell enlargement and an increased 
demand for biosynthesis of proteins, lipids, and DNA. To meet those requirements, stimulation 
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of monocytes/macrophages by LPS is accompanied by a shift 
toward increased glycolytic flux, an effect similar to the Warburg 
effect observed in cancer cells (4, 5). In addition, upregulation 
of the pentose–phosphate pathway occurs, secretion of lactate 
increases, and intermediates in the tricarboxylic acid (TCA) cycle 
are in higher demand due to the necessary synthesis of amino 
acids and lipids (6).

Immunometabolism has recently received considerable 
attention. Metabolic studies in macrophages have revealed 
differential pathways regulated during differentiation into 
M1 and M2 phenotypes (7–10). Similar studies have been 
undertaken for T helper cell subsets (6, 11, 12), dendritic 
cells (13), and to a limited extent also in monocytes (5). In 
well-perfused inflamed tissues like the synovial membrane 
in rheumatoid arthritis, where nutrients are in ample sup-
ply, the massively upregulated glycolytic flux of activated 
monocytes and macrophages is sustained by high glucose 
consumption. This has been visualized best by FDG-PET, 
which allows the identification of inflammatory sites in 
cases of microbial infection or sterile autoimmune inflam-
mation, based on the massive uptake of the glucose-analogon 
2-fluoro-2-deoxy-d-glucose (in the form of the radioactive 
tracer 18F-2-FDG) (14).

Due to the upregulated glycolytic flux, a tremendous glu-
cose supply is required at sites of active inflammation. On the 
other hand, many infectious and sterile inflammations have 
been associated with severely reduced glucose concentrations, 
including bacterial, mycobacterial, and fungal central nervous 
system (CNS) infections (15) or pleural effusions (16, 17). In 
addition, non-infectious inflammatory conditions can also be 
associated with very low glucose concentrations, including 
sarcoidosis (18), rheumatoid meningitis (19), and rheumatoid 
pleurisy (20–22), as well as CNS involvement and pleural effu-
sion associated with systemic lupus erythematosus (15, 23). 
In general, any factors compromising blood flow and glucose 
supply—like conditions of impaired microcirculation due to 
septic shock, arteriosclerotic vessel damage, or vasculitis—are 
likely to tilt the balance of glucose supply and lead to glucose 
deprivation. Consequently, at such sites of severe inflammation 
with deficient perfusion, glucose is not freely available, and a 
high level of glycolysis is therefore impossible. On the other 
hand, glucose starvation is invariably followed by activation of 
AMP-activated protein kinase (AMPK), which in turn initiates 
multiple catabolic pathways including glucose uptake, fatty 
acid uptake and oxidation, mitochondrial biogenesis, and 
autophagy (24).

In this study, we investigated cellular and immunologic 
parameters in the LPS-induced immune response of monocytes 
under conditions of glucose deprivation, in order to identify cru-
cial metabolic pathways and checkpoints that must be sustained. 
We found that in the absence of glucose and without glycolysis, 
monocytes rely mainly on mitochondrial metabolism of lipids 
to maintain levels of ATP, NADH, and NADPH and are still 
able to fulfill their immunological pro-inflammatory function. 
Functional limitation in the absence of glucose is a decreased—
though not abrogated—respiratory burst, which is likely a protec-
tive measure by the starved monocyte.

MaTerials anD MeThODs

antibodies and reagents
Where not stated otherwise, monocytes were cultured in 
glucose-free RPMI 1640 (#11879, Gibco, Thermo Fisher) sup-
plemented with 2 mM GlutaMAX (Gibco, Thermo Fisher), 10% 
heat-inactivated FCS (Gibco, Thermo Fisher), and 5 mM glucose 
(Sigma-Aldrich) or without glucose. PBS was purchased from 
Biochrom (Merck Millipore). The following antibodies were used 
for Western Blot: anti-phosphoAMPKα Thr172 (40H9) rabbit 
monoclonal antibody (#2535, Cell Signaling), anti-AMPKα (F6) 
mouse monoclonal antibody (#2793, Cell Signaling), anti-β-actin 
(D6A8) rabbit monoclonal antibody (#8457, Cell Signaling), 
anti-rabbit-HRP goat antibody (sc-2056, Santa Cruz Biotech.), 
anti-mouse-HRP goat antibody (sc-2055 Santa Cruz Biotech.), 
and anti-LC3 (APG 8) monoclonal mouse antibody (#AM1800a, 
Abgent, USA). Fluorescence microscopy was done with the 
antibodies anti-LC3 antibody polyclonal rabbit (#PM036, MBL, 
USA) and anti-rabbit-Alexa Fluor 594 goat antibody (#111-585-
003, Jackson Immunoresearch, USA).

Monocyte isolation, cell culture, and 
cytokine Measurement
This study was carried out in accordance with the recommenda-
tions of “Ethik-Kommission an der Medizinischen Fakultät der 
Universität Leipzig” with written informed consent from all 
blood donors. The protocol was approved by the aforementioned 
committee. Monocytes were isolated as described previously (25). 
For cytokine analysis, 3 × 105 monocytes per 200 µl RPMI 1640 
with 5 mM glucose or without glucose were cultured at 37°C and 
5% CO2 in 96-well plates. Four and sixteen hours after stimulation 
with 100 ng/ml LPS, supernatants were removed and analyzed 
by ELISA for cytokines IL-1β, TNF, IL-6, IL-8 (all BD OptEIA, 
Becton Dickinson), IL-1α and MCP-1 (both DuoSet ELISA, R&D 
Systems) following the instructions of the assay.

Metabolism analysis
Glycolytic and mitochondrial activity of monocytes was 
measured using a Seahorse extracellular flux 96 analyzer 
(Seahorse Bioscience). Monocytes were seeded at a density of 
4 × 105 cells/100 µl RPMI1640 (#61870, Gibco, Thermo Fisher) 
without FCS and adhered for 30 min at cell culture conditions. 
After two washing steps, 180  µl RPMI 1640 (R1383, Sigma-
Aldrich) containing 5% FCS, 2  mM glutamine, and 5  mM 
glucose or without glucose was added. The injection ports were 
filled with RPMI 1640 without FCS plus the indicated stimuli or 
inhibitor (LPS-EB ultrapure from E. coli 0111:B4 strain 100 ng/
ml, Invivogen; apocynin 1 mM, Sigma-Aldrich; 2-deoxyglucose 
(2-DG) 5 mM, Sigma-Aldrich; etomoxir 250 µM, Sigma-Aldrich; 
BPTES 30  µM, Sigma-Aldrich; dorsomorphin/compound C 
10  µM, Abcam). Extracellular acidification rate (ECAR) and 
oxygen consumption rate (OCR) were determined at 37°C. The 
parameters of oxidative phosphorylation were analyzed follow-
ing the injection of the inhibitors oligomycin (1  µM; Cayman 
Chemicals), FCCP (2 µM; Cayman Chemicals), Rotenone (1 µM; 
Sigma-Aldrich), and antimycin A (1 µM; Sigma-Aldrich).
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Measurement of intracellular Polar 
Metabolites Using ic-Ms/Ms
Monocytes (1 × 106/700 µl) were stimulated with 100 ng/ml LPS 
in the presence of 5 mM glucose or in glucose-deficient media 
on agarose-coated wells. Cells were harvested and centrifuged 
(350 × g, 5 min) 1, 3, and 6 h after stimulation and washed one 
time with PBS. The pellet was dissolved in 500  µl 45% (v/v) 
methanol/5% (v/v) chloroform. After the addition of 500  µl 
water the suspension was mixed 30 min at 4°C. The solution was 
centrifuged at 500 ×  g for 10  min, the upper phase was trans-
ferred and vacuum dried. For ion chromatography-tandem mass 
spectrometry (IC-MS/MS)-based analysis of the metabolites, 
dried extracts were redissolved in 300  µl water. Samples were 
afterward up to another 10-fold diluted, and a total volume of 
25  µl was analyzed on an ICS-5000 (Thermo Fisher Scientific, 
Dreieich, Germany) coupled to an API 5500 QTrap (AB Sciex) as 
described elsewhere (26). Separation was achieved on an IonPac 
AS11-HC column (2 mm × 250 mm, Thermo Fisher Scientific) 
with an increasing potassium hydroxide gradient. MS analysis 
was performed in multiple reaction monitoring (MRM) mode 
using negative electrospray ionization and included organic 
acids and carbohydrates involved in central metabolite pathways. 
Metabolites were considered to be detectable above a signal-
to-noise ratio (S/N) of three within a retention time window of 
0.5 min.

Measurement of lipid content Using 
Biocrates iDQ P150
Cellular extracts were analyzed using the “AbsoluteIDQ p150 Kit” 
(Biocrates, Innsbruck, Austria). Briefly, samples were prepared as 
follows: (a) pipetting of 10 µl cell extract onto the filter inserts of 
the 96-well plate of the kit (containing internal standards labeled 
with stable isotopes), (b) drying of samples under a nitrogen 
stream, (c) extraction of metabolites and internal standards 
with 5 mM ammonium acetate in methanol, (d) centrifugation 
through the membrane filter provided, and (e) dilution with 
solvent for mass spectrometry. The final extracts were then ran-
domized and analyzed using a 4000 QTrap mass spectrometer 
(Sciex) equipped with a TurboIonSpray source and coupled to 
an Agilent 1100 Series HPLC. Standard flow injection comprised 
two 20 µl injections (one for positive and one for negative electro-
spray ionization mode), and MRM was used for quantification as 
described earlier (27). Data were subsequently analyzed using the 
MetIQ software package (Biocrates, Innsbruck, Austria).

intracellular aMP and aTP Determination
The intracellular AMP and ATP concentration was measured 
in cells (3 ×  105/200  µl in 96-well plate) cultured for 1, 3, and 
16 h with LPS stimulation (100 ng/ml) and glucose or in glucose-
deprived medium. Culture plates were centrifuged (400  ×  g, 
5 min), supernatant was discarded, and cells were lysed in 700 µl 
ATP-Lysis buffer [100 mM potassium phosphate buffer (pH 7.8), 
1 mM DTT, 2 mM EDTA, 1% Triton X-100 (v/v)]. ATP concentra-
tions in the lysate were determined with the ATP Determination 
Kit (Thermo Fisher), and AMP was measured with the AMP-
Glo Assay (Promega) following the instructions. Resulting 

concentrations were normalized to protein concentrations of the 
lysate determined with DC-Protein Assay from BioRad.

intracellular naDh and naDPh 
Determination
Intracellular levels of NADH and NADPH were determined with 
the PicoProbe NADH Quantitation Fluorometric Kit and the 
PicoProbe NADPH Quantitation Fluorometric Kit (BioVision) 
following the manual instructions. After removal of the cell 
supernatant, 3 × 105 monocytes were lysed in 150 µl extraction 
buffer. Concentrations of NADH and NADPH were calculated 
using standard curves and normalized to total protein concentra-
tion of the lysate.

lactate-Dehydrogenase cytotoxicity 
assay
The cellular vitality was determined with the Pierce LDH Cyto-
toxicity Assay Kit (Thermo Scientific). Cells were seeded in 
dupli cate (3 × 105 cells/200 µl) in a 96-well plate. Lactate dehy-
drogenase (LDH) was determined in the supernatant and in 
lysed cells [addition of 20 µl 9% Triton X-100 (Serva, Heidelberg, 
Germany) solution] following the assay instructions. Cytotoxicity 
was calculated with the following equation:

 
%

* %
cytotoxicity

LDHactivity supernatant
LDHactivity supern

=
100

aatant of lysedcells
.
 

chemotactic Migration assay
The chemotactic migration of monocytes was analyzed with the 
InnoCyte Monocyte Cell Migration Assay (Merck Millipore, 
Darmstadt, Germany). A total of 3 × 105 cells/100 µl were stimu-
lated with 100 ng/ml LPS in the absence or presence of glucose 
and applied into the upper chamber of the assay plate. The lower 
chamber was filled with complete medium (±glucose) contain-
ing 100 ng/ml MCP-1 (Miltenyi, Bergisch Gladbach, Germany). 
After 4  h, the plates were separated, and the cells in the lower 
compartment were stained with calcein AM. The fluorescence 
was measured using a plate reader at excitation 485  nm and 
emission 520 nm.

Phagocytosis assay
Phagocytic activity of monocytes was determined with pHrodo 
Green E. coli BioParticle conjugates (P35366, Molecular Probes). 
Monocytes were seeded at a density of 6 × 105 cells/200 µl in an 
agarose-coated 48-well plate and stimulated with 100 ng/ml LPS. 
After 2 h of incubation 50 µg bacterial particles were added for 
10 min. The fluorescence of monocytes was determined with a 
FACSCalibur (Becton Dickinson).

Measurement of the Oxidative Burst
Monocytes were resuspended in phenol red free SILAC RPMI 1640 
(Gibco, Thermo Fisher) supplemented with 2  mM GlutaMAX 
(Gibco, Thermo Fisher), 5  mM HEPES (Sigma-Aldrich), 
0.133 mM l-arginine (Sigma-Aldrich), 0.27 mM l-lysine (Sigma-
Aldrich), and 2.5% FCS in a density of 3 × 105/200 µl and seeded 
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in a white 96-well plate (Nunc, Thermo Fisher). After 2 h of incu-
bation at 37°C and 5% CO2, luminol reagent (140 µM; Cayman 
Chemicals) was added, and cells were stimulated with 100 ng/ml 
LPS. Luminescence from oxidized luminol was measured with 
a platereader (FluoStar Optima, BMG Labtech) over 180  min. 
Activation of the AMPK with 1 mM AICAR (Sigma-Aldrich) was 
done prior to LPS stimulation.

lc3 Fluorescence Microscopy  
in ThP1 cells
THP1 cells (1.8 × 105) were differentiated for 2 days with 100 ng/ml  
PMA (Sigma-Aldrich) on glass slides in a 24well plate in RPMI 
1640 (#61870 Gibco, Thermo Fisher; 10% FCS, 1% penicillin/
streptomycin). After washing with PBS, the cells were stimulated 
with 100 ng/ml LPS in RPMI 1640 (10% FCS) with 5 mM glucose 
or without glucose for 3 h. Cells were immediately fixed with 4% 
paraformaldehyde (10  min, 4°C) and permeabilized with 0.1% 
Triton X-100 for 10 min. The nucleus was stained with 3 µg/ml  
Hoechst (Invitrogen, Thermo Fisher), and after blocking (10% 
BSA; 1  h), LC3 antibody was incubated over night at 4°C. 
Unbound antibody was removed in washing steps with PBS, and 
the secondary antibody was incubated for 1 h. Slides were embed-
ded and analyzed with an Axiostar microscope (Zeiss).

Western Blot
For determination of LC3-I and LC3-II by Western Blot, 
3 × 106 cells/ml were stimulated for 3 h with 100 ng/ml LPS in 
RPMI 1640 with or without glucose in the presence of 30 mM 
NH4Cl. Cells were washed with PBS and immediately lysed in 
100 µl Laemmli-buffer (62.8 mM Tris–HCl, 11.8% glycerol, 2% 
SDS, 102 mM DTT, 0.01% bromophenol blue). The lysate was soni-
cated (four pulses for 2 s each, 30% amplitude), boiled for 5 min, 
and loaded on a 15% Tris–Tricine–SDS-PAGE. Electroblotting 
on polyvinylidene difluoride membrane, antibody incubation, 
visualization, and the immunoblot of phospho AMPKα (Thr172) 
was done as described previously (25). Densitometric analysis 
was performed using ImageJ software.

scanning Transmission electron 
Microscopy
Monocytes (1.5 ×  106) were stimulated with 100 ng/ml LPS in 
RPMI 1640 with 5 mM glucose or without glucose on collagen-
coated slides (Thermanox, Nunc) in a 24-well plate. For electron 
microscopy, samples were fixed using 4% paraformaldehyde 
(Serva, Heidelberg, Germany) and 1% glutaraldehyde (Serva) 
in PBS followed by staining with 0.5% osmium tetroxide (EMS, 
Hatfield, PA, USA). After thorough rinsing in PBS, the sections 
were dehydrated in graded alcohol and further stained with 1% 
uranyl acetate (Merck, Darmstadt, Germany) in 70% alcohol. 
After final dehydration, the samples were transferred in propyl-
ene oxide (Sigma-Aldrich, Steinheim, Germany) and incubated 
in Durcupan (Sigma-Aldrich). After polymerization at 56°C for 
48 h, the cell culture insert was removed, and the blocks of resin 
were trimmed and finally cut using an ultramicrotome (Leica 
Microsystems, Wetzlar, Germany). Ultrathin sections with an 

average thickness of 55 nm were transferred on formvar-coated 
copper grids and stained with lead citrate. Analysis was per-
formed using a Zeiss SIGMA electron microscope (Zeiss NTS, 
Oberkochen, Germany) equipped with a STEM detector and 
ATLAS software. Monocytes were single-blinded analyzed for 
lipid droplets (LDs) in the cytosol. For each condition, time point 
and donor (n = 3), 15 microscopic pictures were taken, and all 
cells with nucleus (28–107 per condition) were classified into LD 
positive or negative.

statistical analysis
For statistical analysis, GraphPad Prism was used. Student’s paired 
or unpaired t-test was used where appropriate and indicated.

resUlTs

glucose Deprivation of lPs-activated 
Monocytes abrogates aerobic glycolysis 
and leads to a compensatory increase of 
Oxidative Phosphorylation
Monocytes, macrophages and dendritic cells undergo a switch 
from oxidative phosphorylation to glycolysis in response to 
toll-like receptor 4 activation by LPS, the so called Warburg 
effect (5, 10, 28, 29). The switch to glycolysis is accompanied 
by increased glucose uptake and turnover (28). Therefore, we 
sought to determine how primary monocytes compensate for 
glucose deprivation during activation with LPS. Primary mono-
cytes stimulated with LPS under standard tissue culture condi-
tions (RPMI 1640 medium containing 5  mM glucose, 2  mM 
l-glutamine, and 5% FCS) exhibited a steep and prolonged 
increase in lactate production, as measured by ECAR using 
Seahorse extracellular flux analysis (Figure  1A). Monocytes 
incubated in glucose-deficient medium responded to LPS with 
a short-lived and flat increase in lactate production, presumably 
fueled by intracellular glucose and traces of glucose (<0.2 mM) 
introduced with the FCS (Figures 1A,C). In contrast to mono-
cytes in glucose medium, however, LPS-stimulated monocytes 
in glucose-deprived medium exhibited an intense and pro-
longed increase in oxidative phosphorylation, as measured by 
the OCR (Figure 1B). This increased OCR is stable for up to 
12 h (Figure 1D). The phenogram in Figure 1E illustrates the 
LPS-induced switch of monocytes to aerobic glycolysis in the 
presence of glucose, and the compensatory increase in oxidative 
phosphorylation in its absence.

Next, we sought to study the increased oxidative phosphoryla-
tion of monocytes in glucose-deprived medium in more detail 
using the Seahorse Mito Stress Test. The successive addition of 
respiration chain inhibitors and uncouplers allows the determina-
tion of basal respiration, maximal respiration, ATP production, 
spare respiratory capacity, non-mitochondrial respiration, and 
proton leak of mitochondria (Figure 1F). Analysis of monocytes 
stimulated with LPS in glucose-free media revealed that basal 
respiration and ATP production are significantly increased com-
pared to glycolytic monocytes (Figure 1G). Maximal respiration 
and spare capacity are decreased in glucose-deprived mono-
cytes, indicating maximal utilization of mitochondrial capacity 
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FigUre 1 | abrogation of lipopolysaccharide (lPs)-induced Warburg effect by glucose deprivation in monocytes leads to compensatory increase of 
oxidative phosphorylation. (a,B) Shown are mean (n = 6) (a) extracellular acidification rate (ECAR) and (B) oxygen consumption rate (OCR) of monocytes in 
glucose medium or in glucose-deprived medium, measured by the Seahorse XF96 analyzer. Cells were stimulated with LPS or medium control at t = 20 min.  
(c,D) Long-term metabolic measurement [(c) ECAR and (D) OCR] of LPS-stimulated (t = 15 min) monocytes (n = 4). (e) The phenogram of ECAR and OCR rates 
shows mean values ± STD (n = 6) at t = 150 min generated from data sets shown in panels (a,B). (F) Scheme of mitochondrial metabolic parameter calculation 
using the Mitochondrial Stress Test. (g) Mitochondrial Stress Test of monocytes treated for 2 h with LPS or control and with or without glucose. Changes of OCR 
after injection of Mitochondrial Stress Test components are shown as mean rates of n = 5 donors. (h) The contribution of NADPH oxidase to the OCR was analyzed 
by injection of the specific inhibitor apocynin. Shown are mean OCR rates of n = 3 donors. (i) Area under the curve of OCR rates shown in panel (h) was calculated 
and is depicted as mean ± SEM of n = 3 experiments. (J,K) The metabolic changes in LPS-treated monocytes due to glucose deprivation and inhibition of 
glycolysis with 2-deoxyglucose (5 mM; dashed line) are shown as ECAR (J) and OCR (K) of n = 4 donors. For each donor and condition, the analysis was run at 
least in triplicates. Statistical analysis was performed using the paired Student’s t-test.
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(Figure 1G). Non-mitochondrial respiration and proton leak are 
more pronounced in LPS-activated monocytes in the presence of 
glucose (Figure 1G).

Non-mitochondrial respiration includes oxygen consumption 
during the respiratory burst in response to LPS in monocytes. As 
seen in Figure  1D, glycolytic monocytes also respond with an 
initial OCR increase to LPS, albeit with much shorter duration. 
This OCR peak might represent the oxygen consumption of the 
respiratory burst. To evaluate the contribution of the NADPH 
oxidase-dependent respiratory burst to the oxygen consumption 
leading to the observed OCR increase, apocynin, an inhibitor of 
the NADPH oxidase, was used. As shown in Figure 1H, apocynin 
partially inhibited the LPS-induced OCR increase in monocytes 
in both glucose-containing medium and in glucose-deprived 
medium. However, NADPH oxidase-dependent oxygen con-
sumption of LPS-stimulated monocytes in glucose medium rep-
resents 46% of total oxygen consumption during this time period, 
but only 30% of total oxygen consumption in glucose-deprived 
monocytes (Figure 1I). The corresponding control experiments 
investigating the influence of apocynin on the oxygen consump-
tion in unstimulated monocytes are shown in Figure S1A in 
Supplementary Material. The specific inhibition of the oxidative 

burst in monocytes with apocynin is demonstrated in Figure S1B 
in Supplementary Material.

2-Deoxyglucose is a widely used inhibitor of glycolysis. 
Therefore, we tested if the effect of 2-DG is comparable to glucose 
deprivation. As shown in Figure 1J, 2-DG only partially inhibited 
the LPS-induced switch to glycolysis of monocytes in glucose 
medium. More interestingly, 2-DG was not able to induce the 
intense OCR increase seen in monocytes in glucose-deprived 
medium. Instead, the addition of 2-DG to glucose-deprived 
monocytes revealed an inhibitory effect on the OCR, most likely 
due to unspecific effects of 2-DG (Figure 1K). Consequently, we 
used glucose deprivation in all subsequent experiments, because 
inhibition of glycolysis by 2-DG appears to involve other mecha-
nisms in monocytes than glucose deprivation.

In the presence of glucose, LPS stimulation triggered an 
increased glucose uptake compared to resting control cells (3 h: 
0.73 vs. 0.57 mM, p = 0.038, 16 h: 1.60 vs. 0.57 mM, p = 0.007) 
confirming the switch to increased glycolysis in response to LPS. 
The targeted assessment of metabolites of the central carbon 
metabolism of monocytes activated with LPS in the absence of 
glucose revealed that intracellular glucose and all intermediates 
of glycolysis are significantly diminished when compared to 

http://www.frontiersin.org/Immunology/
http://www.frontiersin.org
http://www.frontiersin.org/Immunology/archive


FigUre 2 | Metabolites of glycolysis and tricarboxylic acid (Tca) and intracellular nucleotides in glucose-deprived lipopolysaccharide (lPs)-
stimulated monocytes. (a) Intracellular glycolytic metabolites were extracted from LPS-stimulated monocytes with methanol/chloroform and measured using 
IC-MS/MS. Peak areas were normalized to unstimulated freshly isolated cells. Shown are mean values of n = 7 (±SEM) experiments from three different donors. 
Extracellular glucose and lactate concentrations were determined in the supernatant of LPS-stimulated monocytes under glucose or glucose-deprived conditions at 
time points 1, 3, and 16 h. Shown are mean values ± SEM of n = 3 donors. Statistical analysis was performed using the paired Student’s t-test. (B) Intracellular TCA 
metabolites were generated as in panel (a). (c) Intracellular ATP, AMP, NADH, and NADPH concentrations were determined at 1, 3, and 16 h in glycolytic or 
glucose-deprived monocytes stimulated with LPS. The concentrations were normalized to the whole protein content of the lysate. Bar charts show mean 
concentrations (±SEM) of n = 6 (ATP, AMP, NADPH) or n = 3 (NADH). Statistical analysis was performed using the paired Student’s t-test.
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standard glucose concentrations (Figure  2A). The glycolytic 
end-product pyruvate, however, is present in equal amounts 
under both conditions (Figure 2A). It is known that the switch 
to aerobic glycolysis results in the conversion of pyruvate to 
lactate instead of oxidation in mitochondria (30). Accordingly, 
we observed an increased lactate secretion of LPS-activated 
glycolytic monocytes compared to unstimulated control cells in 
direct measurements of lactate in the culture supernatant (3 h: 
1.83 vs. 1.57 mM, p = 0.057, 16 h: 3.93 vs. 1.87 mM, p = 0.007), 
which corresponded to the ECAR measurement using the 
Seahorse flux analyzer (see Figure  1A). Glucose-deprived, 
LPS-stimulated monocytes, in contrast, showed a significant 
reduction of both lactate secretion and intracellular lactate 
concentrations (Figure 2A).

As shown in Figures  1B,D, glucose-deprived monocytes 
responded to LPS with an increase in oxidative phosphorylation. 
The TCA cycle is essential for providing NADH for the electron 
transport chain to synthetize ATP in this process. Analysis of TCA 
metabolites revealed that monocytes stimulated with LPS in the 
presence or absence of glucose did not differ in TCA metabolite 
concentrations (Figure 2B). Overall, most metabolites are found 
in lower concentrations 6 h after LPS stimulation compared to 
earlier time points (Figure 2B).

The energy status of activated cells is determined by the 
concentrations and the ratio of the adenine nucleotides AMP 
and ATP. Despite increased oxidative phosphorylation, glucose-
deprived monocytes had increased AMP concentrations and 
increased AMP/ATP ratios while ATP concentrations did not 

http://www.frontiersin.org/Immunology/
http://www.frontiersin.org
http://www.frontiersin.org/Immunology/archive


FigUre 3 | Oxidative metabolism is fueled by glutamine and fatty acids in glucose-deprived monocytes. (a,B) The oxygen consumption rate (OCR) 
changes of lipopolysaccharide (LPS)-stimulated monocytes following inhibition of (a) glutaminase with BPTES (30 µM; n = 6) or (B) fatty acid transport with etomoxir 
(250 µM; n = 4) were analyzed. The OCR is shown as mean curve over 240 min and in the bar chart as mean ± SEM at baseline (1 min), before (127 min), and after 
inhibitor injection (132 min). For each donor and condition, the analysis in panels (a,B) was run at least in duplicates. (c) LPS-simulated monocytes with lipid 
droplets (LDs; arrow) were determined with TEM at 1, 3, and 6 h. Shown is the mean ± SEM of LD-positive monocytes out of >190 cells analyzed from n = 3 
donors. (D) Autophagy was analyzed in PMA-differentiated THP1 cells. Cells were stimulated with LPS with or without glucose for 3 h and stained with anti-LC3 
antibody. Autophagy-positive cells (≥3 LC3 punctae/cell) were analyzed in >40 cells (n = 4; mean ± SEM). (e) Autophagy in primary LPS-stimulated monocytes with 
or without glucose was analyzed by Western Blot. The ratio of autophagosomal membrane-bound LC3-II to unbound LC3-I was determined after 3 h  
(n = 6; mean ± SEM). Statistical analysis was performed using the paired Student’s t-test.
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differ from LPS-stimulated glycolytic monocytes (Figure  2C). 
In addition, the concentration of NADPH in LPS-stimulated 
monocytes was not influenced by the availability of glucose. 
In contrast, NADH was found decreased in glucose-deprived 
monocytes after 16 h (Figure 2C).

Oxidative Metabolism is Mainly Fueled by 
Fatty acids in glucose-Deprived Monocytes
In addition to glucose, cells use fatty acids and amino acids to 
fuel the TCA. Glutamine is a major substrate of macrophages 
(31) and is present in the culture medium (2 mM). Glutamine is 
converted to glutamate by the enzyme glutaminase, and subse-
quently deaminated to α-ketoglutarate, which fuels the TCA. The 
glutaminase inhibitor BPTES was used to investigate the contri-
bution of glutamine to monocyte energy expenditure. Inhibition 
of glutaminase by BPTES had an only marginal influence on 

the increased oxygen consumption in LPS-stimulated glucose-
deprived monocytes (Figure 3A).

Fatty acids are converted to acetyl-CoA and NADH in the 
β-oxidation. In order to test whether fatty acids are required for 
the oxidative phosphorylation seen in LPS-stimulated, glucose-
deprived monocytes, an inhibitor of the carnitine palmitoyltrans-
ferase 1 (CPT-1) was used. CPT-1 is responsible for the transport 
of long-chain fatty acids into the mitochondria. Inhibition of 
CPT-1 using etomoxir prevented the increase of oxygen con-
sumption induced by glucose deprivation (Figure  3B). In the 
presence of glucose, etomoxir also partially inhibited oxidative 
phosphorylation in LPS-stimulated glycolytic monocytes (data 
not shown).

Intracellular neutral lipids are stored in LDs, which are located 
in the cytoplasm of cells. We determined the presence of LDs 
in the cytoplasm of LPS-stimulated monocytes using electron 
microscopy. As shown in Figure  3C, the frequency of LD+ 
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FigUre 4 | Differential influence of glucose deprivation on monocyte functions. (a) Cell death was determined by measuring the lactate dehydrogenase 
(LDH) release of monocytes cultured with or without glucose and is shown as percentage of total intracellular LDH. Depicted are mean values of n = 3 
donors ± SEM. (B) Monocytes were stimulated with lipopolysaccharide (LPS) for 4 h (TNF) or 16 h (IL-6, IL-8, IL-1β, IL-1α, and MCP-1), and released cytokines 
were determined in the supernatant by ELISA. Shown are mean values (n = 4) ± SEM. (c) Migratory capacity of LPS-stimulated monocytes with or without glucose 
was determined in a Boyden chamber with MCP-1. Migrated cells were stained after 4 h with calcein AM, the fluorescence was determined and is shown as mean 
relative fluorescence units ± SEM (n = 6). (D) Phagocytic activity of 2 h lipopolysaccharide (LPS)-stimulated monocytes with or without glucose was analyzed with 
pHrodo Green E. coli BioParticles. Particles were added for 10 min, and the fluorescence of monocytes was determined by flowcytometry. The bar chart depicts the 
median fluorescence ± SEM of monocytes from n = 3 donors. (e) The oxidative burst after LPS stimulation of 2 h glucose-deprived and control monocytes was 
measured by luminescence increase of oxidized luminol. Shown is the mean luminescence (n = 3) ± SEM. Statistical analysis was performed using the paired 
Student’s t-test. Significant changes are indicated.
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monocytes increases with time following LPS stimulation, and 
glucose deprivation decreases the frequency of LD+ monocytes. 
Decreased lipid synthesis following cellular starvation also results 
in decreased synthesis of phospholipids. Therefore, we evalu-
ated the phosphatidylcholine content of monocytes using the 
Biocrates platform. We observed lower concentrations of several 
phosphatidylcholine species in glucose-deprived monocytes 
compared to glycolytic monocytes (Table S1 in Supplementary 
Material).

Glucose starvation is a known activator of autophagy, which 
is another pathway that provides nutrients by degradation of cel-
lular components (32, 33). As expected, glucose deprivation also 
led to the formation of LC3 punctae in the PMA-differentiated 
monocytic cell line THP1 (Figure 3D) and to an increase in the 
LC3-II/LC3-I ratio in LPS-activated monocytes in the absence of 
glucose, indicating an increased autophagy compared to glyco-
lytic monocytes (Figure 3E).

In summary, primary monocytes switch to glycolysis upon 
LPS stimulation in the presence of glucose. In glucose-deprived 
monocytes, metabolism switches to increased oxidative phospho-
rylation, which is fueled by fatty acids. However, the increased 
oxidative phosphorylation cannot completely compensate glu-
cose deprivation, because AMP increases and NADH decreases.

impact of glucose Deprivation  
on Monocyte effector Functions
Activation of monocytes by LPS leads to a multitude of cellular 
consequences. The high energy demand is met by the switch 

to aerobic glycolysis in response to LPS. Therefore, we sought 
to determine if glucose-deprived monocytes are functionally 
impaired. First we determined the vitality of LPS-activated 
monocytes in the presence and absence of glucose in the culture 
media. As shown in Figure 4A, LPS-activated monocytes release 
similar concentrations of LDH, a marker of cell damage, into the 
culture supernatant under both conditions. To test cytokine and 
chemokine production, monocytes were cultured with LPS in the 
presence or absence of glucose. Glycolytic and glucose-deprived 
monocytes responded to LPS with a comparable production of 
the cytokines TNF, IL-6, IL-1β, IL-1α, and the chemokines IL-8 
and MCP-1 (Figure 4B). Next we determined the chemotactic 
migration of monocytes to a gradient of MCP-1. As shown in 
Figure 4C, LPS-activated monocytes show similar rates of spon-
taneous and of MCP-1 directed migration in the presence and 
absence of glucose.

To test their phagocytic capability, monocytes were cultured 
for 2 h with LPS in the presence or absence of glucose and sub-
sequently incubated with fluorescence-labeled E. coli. Phagocytosis 
was determined by flow cytometry. As shown in Figure 4D, phago-
cytosis rates of LPS-activated glycolytic and glucose-deprived 
monocytes are comparable. Finally, we tested the production 
and release of reactive oxygen species (ROS) from monocytes 
in response to LPS. The contribution of the NADPH oxidase 
to the OCR in LPS-activated monocytes was already shown 
in Figures  1H,I. Here, we measured the resulting respiratory 
burst with luminol-enhanced chemiluminescence. LPS induced 
a time-dependent increase in ROS production in glycolytic 
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FigUre 5 | aMP-activated protein kinase (aMPK) activation is responsible for increased oxidative phosphorylation and decreased respiratory burst 
of glucose-deprived monocytes. (a) Activation of AMPK is demonstrated in Western Blot using anti-phosphoAMPKα Thr172 Antibody. Monocytes were 
stimulated for 30, 60, and 90 min with lipopolysaccharide (LPS) and with or without glucose. Shown is one representative Western Blot out of four independent 
experiments and the ratio of pAMPKα/β-actin densitometry quantification of n = 4. (B) The increase of oxidative phosphorylation due to glucose deprivation is 
mediated by AMPK activation. Monocytes under glucose deprivation were treated with the AMPK inhibitor compound C (10 µM; red dashed line) before the 
stimulation with LPS. Depicted are mean oxygen consumption rate curves and area under the curve (AUC) ± SEM from n = 3 donors. (c) The oxidative burst of 
LPS-stimulated monocytes is regulated by AMPK activation. Monocytes were cultured for 2 h with (blue) or without (red) glucose and then stimulated with LPS. 
Activation of AMPK in the presence of glucose with AICAR decreased the oxidation of luminol. Shown are mean luminescence rates and the calculated AUC ± SEM 
of n = 3 experiments. Statistical analysis was performed using the paired Student’s t-test. (D) Graphical summary of AMPK-mediated switch from glycolysis to 
oxidative phosphorylation under glucose-deprived conditions.
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monocytes (Figure 4E). In contrast, glucose-deprived monocytes 
responded with a markedly decreased ROS production to LPS  
(Figure 4E).

active aMPK Drives Oxidative 
Phosphorylation while inhibiting 
respiratory Burst in glucose-Deprived 
Monocytes
An increased AMP/ATP ratio as shown in Figure  2C is an 
activation signal for the cell energy sensor AMPK (5' AMPK). 
Accordingly, we determined AMPK activation in LPS-stimulated 
glycolytic and glucose-deprived monocytes by western blotting. 
As shown in Figure 5A, phosphorylation of AMPK on Thr172 is 
higher in LPS-activated glucose-deprived monocytes compared 
to glycolytic monocytes, indicating activation of the kinase.

In light of the aforementioned OCR increase following glucose 
deprivation, we sought to determine the contribution of AMPK 
activation to this increase. Compound C, a specific inhibitor of 
AMPK, led to a significant decrease in oxygen consumption in 
LPS-stimulated glucose-deprived monocytes, indicating inhib-
ited oxidative phosphorylation (Figure 5B). This prompted us to 
study the influence of AMPK on the respiratory burst, which was 

the only monocyte function influenced by glucose deprivation. 
Indeed, we found that activation of AMPK by AICAR in LPS-
stimulated glycolytic monocytes reduced their ROS production 
to levels similar to those observed in glucose-deprived monocytes 
(Figure 5C).

DiscUssiOn

Monocytes and macrophages respond to LPS with a switch from 
oxidative phosphorylation to aerobic glycolysis, similar to the 
Warburg effect seen in cancer cells (5, 10, 29). We show here 
that in monocytes, glucose deprivation during activation with 
LPS leads to increased oxidative phosphorylation compensating 
at least partially for the increased energy demand during this 
activation phase.

Glycolysis only generates two molecules of ATP out of one 
molecule glucose whereas oxidative phosphorylation yields 36 
ATP molecules (34). However, aerobic glycolysis is able to gener-
ate more ATP out of glucose than oxidative phosphorylation over 
short periods of time due to its faster conversion rate (35). In 
contrast to both modes of glucose metabolism, β-oxidation of one 
molecule long-chain fatty acid and further oxidation via TCA and 
oxidative phosphorylation results in an even higher ATP output 
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(34). Our results show that the increased oxygen consumption 
in glucose-deprived monocytes is mainly required for fatty acid 
oxidation as demonstrated by the inhibition of oxygen consump-
tion by the CPT-1 inhibitor Etomoxir. The attempt to compensate 
for glucose deprivation by fatty acid oxidation is only partially 
effective since we observed an increase in total AMP concentra-
tions and in the AMP/ATP ratio in glucose-deprived monocytes 
during LPS stimulation.

The dependence on fatty acids of oxidative phosphorylation 
in LPS-stimulated, glucose-deprived monocytes is interesting 
because the cell culture medium RPMI 1640 does not contain 
added fatty acids or lipids. However, fetal calf serum contains free 
fatty acids and lipids. Lagarde et al. reported that medium with 
20% fetal calf serum contains 74  nmol/ml free fatty acids and 
197 nmol/ml total lipids (36). In our study, 10% fetal calf serum 
was added to the culture medium in most of the experiments, 
with the exception of the Seahorse Extracellular Flux analyses, 
which were performed with medium containing 5% fetal calf 
serum because 10% fetal calf serum disturbs the measurements. 
Altogether, only minimal lipid quantities were introduced to the 
monocyte culture in our experiments.

Another source of fatty acids for β-oxidation are LDs, which 
contain mostly triglycerides and cholesterol esters surrounded by 
a phospholipid layer (37–39). LPS is known to increase LD num-
bers in macrophages by enhancing fatty acid uptake and storage 
as triglycerides in LDs, while decreasing lipolysis and fatty acid 
oxidation (40). We could confirm a similar LD enrichment in LPS-
stimulated monocytes. Following glucose deprivation, however, 
the frequency of LD+ monocytes and their phospholipid content 
was significantly lower. This might reflect the shift from fatty acid 
synthesis toward consumption of fatty acids via β-oxidation in 
glucose-deprived monocytes. To consume fatty acids, cells must 
mobilize them from LDs, which has been attributed to lipolysis, 
with LDs working as a conduit, delivering fatty acids directly into 
colocalized mitochondria (37). Importantly, AMPK, which we 
found to be activated in glucose-deprived monocytes, has been 
described to orchestrate the LD–mitochondria interactions to 
efficiently supply fatty acids for β-oxidation (38).

We also observed a minor contribution of glutamine utiliza-
tion to oxygen consumption in glucose-deprived LPS-stimulated 
monocytes. It is known that resting murine macrophages show 
high glutamine utilization (31) and that LPS-stimulated murine 
bone marrow derived macrophages show an increase in intra-
cellular succinate due to glutamine-dependent anaplerosis (4). 
Increased levels of succinate are known to stabilize the transcrip-
tion factor HIF-1α, leading to transcription of IL-1β and glycoly-
sis enzyme genes (4). The reported mediator of this stabilization 
is an increase in succinate levels. Since we found succinate levels 
unchanged following glucose deprivation, an additional contri-
bution of HIF-1α stabilization in the forced switch to increased 
oxidative phosphorylation in monocytes appears unlikely.

AMP-activated protein kinase is the main cellular energy 
sensor (24). The energy status of the cell is sensed by monitoring 
the AMP/ATP ratio, and the resulting activation of AMPK leads 
to activation of catabolic and inhibition of anabolic pathways 
(24). Under glucose deprivation, we observed an increase in the 
AMP/ATP ratio and an activation of AMPK in LPS-stimulated 

monocytes. Accordingly, AMPK activation is likely to lead to 
increased fatty acid oxidation and decreased lipid synthesis under 
these conditions. Inhibition of AMPK activation was able to block 
the metabolic shift to oxidative phosphorylation, indicating that 
AMPK is indeed the pivotal regulator triggering the cellular 
switch (see graphical summary Figure 5D).

Despite glucose deprivation and decreased energy status of the 
cell, cytokine production, phagocytosis and chemotactic migra-
tion of monocytes remained intact. In addition, we observed no 
reduction in monocyte vitality under glucose deprivation. This 
is surprising because the switch to glycolysis in response to LPS 
is important for providing intermediates for nucleotide, amino 
acid and fatty acid synthesis via the pentose–phosphate pathway 
(6). The pentose–phosphate pathway is also important for the 
generation of reducing equivalents of NADPH (6). However, the 
forced metabolic switch to fatty acid oxidation seems to be able 
to compensate most of these processes. The observed activation 
of autophagy is likely a compensatory mechanism in response to 
glucose deprivation and activation of AMPK (33, 41). Autophagy 
removes damaged cellular components and provides nutrients 
by degradation of these components (33). In addition, autophagy 
is able to prevent an inadequate immune response by degrading 
inflammasome components (42).

Most of the monocyte effector functions were not affected by 
glucose deprivation. However, the LPS-induced NADPH oxidase-
dependent respiratory burst was decreased in glucose-deprived 
monocytes. This inhibition was not due to limited availability 
of NADPH but was a direct effect of AMPK activation, since it 
could be reproduced by AICAR. It has been shown before that 
activation of AMPK leads to an inhibition of respiratory burst in 
neutrophils and other cells, probably by inhibition of p47phox 
phosphorylation and translocation to the plasma membrane 
(43–45). One might speculate that although most cellular func-
tions remained intact, it is preferable for the starved monocyte 
to limit the generation of ROS and its undesirable effects on the 
cell itself.

In summary, we have demonstrated that circulating mono-
cytes are metabolically equipped to perform pro-inflammatory 
immune functions under conditions of nutrient deprivation, 
in particular glucose deprivation, which are likely encountered 
under various pathological conditions. Their major metabolic 
strategy to compensate for the LPS-induced Warburg effect is the 
switch to fatty acid oxidation orchestrated by active AMPK.
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TaBle s1 | Phosphatidylcholine concentrations determined with the 
Biocrates platform in lipopolysaccharide-stimulated monocytes at 1  
and 6 h.

FigUre s1 | apocynin inhibits the oxidative burst in primary monocytes. 
(a) The contribution of NADPH oxidase to the oxygen consumption rate (OCR) of 
unstimulated monocytes was analyzed by injection of the specific inhibitor 
apocynin. Shown are mean OCR rates of n = 3 donors. (B) Inhibition of the 
lipopolysaccharide (LPS)-induced oxidative burst by apocynin in monocytes. 
Shown is the mean luminescence of one representative experiment.

reFerences

1. Rossol M, Pierer M, Raulien N, Quandt D, Meusch U, Rothe K, et al. Extracel-
lular Ca2+ is a danger signal activating the NLRP3 inflammasome through 
G protein-coupled calcium sensing receptors. Nat Commun (2012) 3:1329.  
doi:10.1038/ncomms2339 

2. Martinon F, Pétrilli V, Mayor A, Tardivel A, Tschopp J. Gout-associated uric 
acid crystals activate the NALP3 inflammasome. Nature (2006) 440(7081): 
237–41. doi:10.1038/nature04516 

3. Ferrari D, Chiozzi P, Falzoni S, Dal Susino M, Melchiorri L, Baricordi OR, 
et al. Extracellular ATP triggers IL-1 beta release by activating the purinergic 
P2Z receptor of human macrophages. J Immunol (1997) 159(3):1451–8. 

4. Tannahill GM, Curtis AM, Adamik J, Palsson-McDermott EM, McGettrick AF,  
Goel G, et al. Succinate is an inflammatory signal that induces IL-1β through 
HIF-1α. Nature (2013) 496(7444):238–42. doi:10.1038/nature11986 

5. Dietl K, Renner K, Dettmer K, Timischl B, Eberhart K, Dorn C, et al. Lactic 
acid and acidification inhibit TNF secretion and glycolysis of human mono-
cytes. J Immunol (2010) 184(3):1200–9. doi:10.4049/jimmunol.0902584 

6. O’Neill LA, Kishton RJ, Rathmell J. A guide to immunometabolism for immu-
nologists. Nat Rev Immunol (2016) 16(9):553–65. doi:10.1038/nri.2016.70 

7. Freemerman AJ, Johnson AR, Sacks GN, Milner JJ, Kirk EL, Troester MA, 
et  al. Metabolic reprogramming of macrophages: glucose transporter 1 
(GLUT1)-mediated glucose metabolism drives a proinflammatory phenotype. 
J Biol Chem (2014) 289(11):7884–96. doi:10.1074/jbc.M113.522037 

8. Haschemi A, Kosma P, Gille L, Evans CR, Burant CF, Starkl P, et al. The sedohep-
tulose kinase CARKL directs macrophage polarization through control of 
glucose metabolism. Cell Metab (2012) 15(6):813–26. doi:10.1016/j.cmet. 
2012.04.023 

9. Saeed S, Quintin J, Kerstens HH, Rao NA, Aghajanirefah A, Matarese F, et al. 
Epigenetic programming of monocyte-to-macrophage differentiation and 
trained innate immunity. Science (2014) 345(6204):1251086. doi:10.1126/
science.1251086 

10. Rodríguez-Prados JC, Través PG, Cuenca J, Rico D, Aragonés J, Martín-Sanz P,  
et  al. Substrate fate in activated macrophages: a comparison between 
innate, classic, and alternative activation. J Immunol (2010) 185(1):605–14. 
doi:10.4049/jimmunol.0901698 

11. Renner K, Geiselhöringer AL, Fante M, Bruss C, Färber S, Schönhammer G, 
et  al. Metabolic plasticity of human T cells: preserved cytokine production 
under glucose deprivation or mitochondrial restriction, but 2-deoxy-glucose 
affects effector functions. Eur J Immunol (2015) 45(9):2504–16. doi:10.1002/
eji.201545473 

12. Kishton RJ, Barnes CE, Nichols AG, Cohen S, Gerriets VA, Siska PJ, et  al. 
AMPK is essential to balance glycolysis and mitochondrial metabolism 
to control T-ALL cell stress and survival. Cell Metab (2016) 23(4):649–62. 
doi:10.1016/j.cmet.2016.03.008 

13. Malinarich F, Duan K, Hamid RA, Bijin A, Lin WX, Poidinger M, et al. High 
mitochondrial respiration and glycolytic capacity represent a metabolic pheno-
type of human tolerogenic dendritic cells. J Immunol (2015) 194(11):5174–86. 
doi:10.4049/jimmunol.1303316 

14. Kubota K, Ito K, Morooka M, Minamimoto R, Miyata Y, Yamashita H, et al. FDG 
PET for rheumatoid arthritis: basic considerations and whole-body PET/CT. 
Ann N Y Acad Sci (2011) 1228:29–38. doi:10.1111/j.1749-6632.2011.06031.x 

15. Chow E, Troy SB. The differential diagnosis of hypoglycorrhachia in 
adult patients. Am J Med Sci (2014) 348(3):186–90. doi:10.1097/MAJ. 
0000000000000217 

16. Chretien J, Bignon J, Hirsch A, editors. The Pleura in Health and Disease. 1 ed. 
New York: CRC Press (1985).

17. Chavalittamrong B, Angsusingha K, Tuchinda M, Habanananda S, Pidatcha P, 
Tuchinda C. Diagnostic significance of pH, lactic acid dehydrogenase, lactate 
and glucose in pleural fluid. Respiration (1979) 38(2):112–20. 

18. Sarva H, Chapman R, Omoregie E, Abrams C. The challenge of profound 
hypoglycorrhachia: two cases of sarcoidosis and review of the literature. Clin 
Rheumatol (2011) 30(12):1631–9. doi:10.1007/s10067-011-1834-y 

19. Kim RC. Rheumatoid disease with encephalopathy. Ann Neurol (1980) 
7(1):86–91. doi:10.1002/ana.410070117 

20. Balbir-Gurman A, Yigla M, Nahir AM, Braun-Moscovici Y. Rheumatoid 
pleural effusion. Semin Arthritis Rheum (2006) 35(6):368–78. doi:10.1016/j.
semarthrit.2006.03.002 

21. Carr DT, McGuckin WF. Pleural fluid glucose. Serial observation of its concen-
tration following oral administration of glucose to patients with rheumatoid 
pleural effusions and malignant effusions. Am Rev Respir Dis (1968) 97(2):302–5. 

22. Corcoran JP, Ahmad M, Mukherjee R, Redmond KC. Pleuro-pulmonary 
complications of rheumatoid arthritis. Respir Care (2014) 59(4):e55–9. 
doi:10.4187/respcare.02597 

23. Gibson T, Myers AR. Nervous system involvement in systemic lupus erythe-
matosus. Ann Rheum Dis (1975) 35(5):398–406. doi:10.1136/ard.35.5.398 

24. Hardie DG, Ross FA, Hawley SA. AMPK: a nutrient and energy sensor that 
maintains energy homeostasis. Nat Rev Mol Cell Biol (2012) 13(4):251–62. 
doi:10.1038/nrm3311 

25. Rossol M, Meusch U, Pierer M, Kaltenhäuser S, Häntzschel H, Hauschildt 
S, Interaction between transmembrane TNF and TNFR1/2 mediates the 
activation of monocytes by contact with T  cells. J Immunol (2007) 179(6): 
4239–48. doi:10.4049/jimmunol.179.6.4239

26. Murugesan K, Baumann S, Wissenbach DK, Kliemt S, Kalkhof S, Otto W, 
et  al. Subtoxic and toxic concentrations of benzene and toluene induce 
Nrf2-mediated antioxidative stress response and affect the central carbon 
metabolism in lung epithelial cells A549. Proteomics (2013) 13(21):3211–21. 
doi:10.1002/pmic.201300126 

27. Römisch-Margl W, Prehn C, Bogumil R, Röhring C, Suhre K, Adamski J,  
Procedure for tissue sample preparation and metabolite extraction for 
high-throughput targeted metabolomics. Metabolomics (2012) 8(1):133–42. 
doi:10.1007/s11306-011-0293-4 

28. Krawczyk CM, Holowka T, Sun J, Blagih J, Amiel E, DeBerardinis RJ, et al. Toll-
like receptor-induced changes in glycolytic metabolism regulate dendritic cell 
activation. Blood (2010) 115(23):4742–9. doi:10.1182/blood-2009-10-249540 

29. Yang L, Xie M, Yang M, Yu Y, Zhu S, Hou W, et al. PKM2 regulates the Warburg 
effect and promotes HMGB1 release in sepsis. Nat Commun (2014) 5:4436. 
doi:10.1038/ncomms5436 

http://www.frontiersin.org/Immunology/
http://www.frontiersin.org
http://www.frontiersin.org/Immunology/archive
http://journal.frontiersin.org/article/10.3389/fimmu.2017.00609/full#supplementary-material
http://journal.frontiersin.org/article/10.3389/fimmu.2017.00609/full#supplementary-material
https://doi.org/10.1038/ncomms2339
https://doi.org/10.1038/nature04516
https://doi.org/10.1038/nature11986
https://doi.org/10.4049/jimmunol.0902584
https://doi.org/10.1038/nri.2016.70
https://doi.org/10.1074/jbc.M113.522037
https://doi.org/10.1016/j.cmet.
2012.04.023
https://doi.org/10.1016/j.cmet.
2012.04.023
https://doi.org/10.1126/science.1251086
https://doi.org/10.1126/science.1251086
https://doi.org/10.4049/jimmunol.0901698
https://doi.org/10.1002/eji.201545473
https://doi.org/10.1002/eji.201545473
https://doi.org/10.1016/j.cmet.2016.03.008
https://doi.org/10.4049/jimmunol.1303316
https://doi.org/10.1111/j.1749-6632.2011.06031.x
https://doi.org/10.1097/MAJ.
0000000000000217
https://doi.org/10.1097/MAJ.
0000000000000217
https://doi.org/10.1007/s10067-011-1834-y
https://doi.org/10.1002/ana.410070117
https://doi.org/10.1016/j.semarthrit.2006.03.002
https://doi.org/10.1016/j.semarthrit.2006.03.002
https://doi.org/10.4187/respcare.02597
https://doi.org/10.1136/ard.35.5.398
https://doi.org/10.1038/nrm3311
https://doi.org/10.4049/jimmunol.179.6.4239
https://doi.org/10.1002/pmic.201300126
https://doi.org/10.1007/s11306-011-0293-4
https://doi.org/10.1182/blood-2009-10-249540
https://doi.org/10.1038/ncomms5436


12

Raulien et al. Metabolic Flexibility in Glucose-Starved Monocytes

Frontiers in Immunology | www.frontiersin.org May 2017 | Volume 8 | Article 609

30. Hsu PP, Sabatini DM. Cancer cell metabolism: Warburg and beyond. Cell 
(2008) 134(5):703–7. doi:10.1016/j.cell.2008.08.021 

31. Newsholme P, Curi R, Gordon S, Newsholme EA. Metabolism of glucose, 
glutamine, long-chain fatty acids and ketone bodies by murine macrophages. 
Biochem J (1986) 239(1):121–5. doi:10.1042/bj2390121 

32. Cadwell K. Crosstalk between autophagy and inflammatory signalling 
pathways: balancing defence and homeostasis. Nat Rev Immunol (2016) 
16(11):661–75. doi:10.1038/nri.2016.100 

33. Rabinowitz JD, White E. Autophagy and metabolism. Science (2010) 
330(6009):1344–8. doi:10.1126/science.1193497 

34. Berg JM, Tymoczko JL, Stryer L. Biochemistry. 5th ed. New York: W H 
Freeman (2002).

35. Pfeiffer T, Schuster S, Bonhoeffer S. Cooperation and competition in the 
evolution of ATP-producing pathways. Science (2001) 292(5516):504–7. 
doi:10.1126/science.1058079 

36. Lagarde M, Sicard B, Guichardant M, Felisi O, Dechavanne M. Fatty acid 
composition in native and cultured human endothelial cells. In Vitro (1984) 
20(1):33–7. doi:10.1007/BF02633329 

37. Rambold AS, Cohen S, Lippincott-Schwartz J. Fatty acid trafficking in starved 
cells: regulation by lipid droplet lipolysis, autophagy and mitochondrial fusion 
dynamics. Dev Cell (2015) 32(6):678–92. doi:10.1016/j.devcel.2015.01.029 

38. Herms A, Bosch M, Reddy BJ, Schieber NL, Fajardo A, Rupérez C, et al. AMPK 
activation promotes lipid droplet dispersion on detyrosinated microtubules 
to increase mitochondrial fatty acid oxidation. Nat Commun (2015) 6:7176. 
doi:10.1038/ncomms8176 

39. Bartz R, Li WH, Venables B, Zehmer JK, Roth MR, Welti R, et al. Lipidomics 
reveals that adiposomes store ether lipids and mediate phospholipid traffic. 
J Lipid Res (2007) 48(4):837–47. doi:10.1194/jlr.M600413-JLR200 

40. Huang YL, Morales-Rosado J, Ray J, Myers TG, Kho T, Lu M, et al. Toll-like 
receptor agonists promote prolonged triglyceride storage in macrophages. 
J Biol Chem (2014) 289(5):3001–12. doi:10.1074/jbc.M113.524587 

41. Kim J, Kundu M, Viollet B, Guan K-L. AMPK and mTOR regulate autophagy 
through direct phosphorylation of Ulk1. Nat Cell Biol (2011) 13(2):132–41. 
doi:10.1038/ncb2152 

42. Shi CS, Shenderov K, Huang NN, Kabat J, Abu-Asab M, Fitzgerald KA, et al. 
Activation of autophagy by inflammatory signals limits IL-1β production by 
targeting ubiquitinated inflammasomes for destruction. Nat Immunol (2012) 
13(3):255–63. doi:10.1038/ni.2215 

43. Alba G, El Bekay R, Alvarez-Maqueda M, Chacón P, Vega A, Monteseirín J,  
et  al. Stimulators of AMP-activated protein kinase inhibit the respiratory 
burst in human neutrophils. FEBS Lett (2004) 573(1–3):219–25. doi:10.1016/j.
febslet.2004.07.077 

44. Balteau M, Van Steenbergen A, Timmermans AD, Dessy C, Behets-Wydemans G,  
Tajeddine N, et  al. AMPK activation by glucagon-like peptide-1 prevents 
NADPH oxidase activation induced by hyperglycemia in adult cardiomyo-
cytes. Am J Physiol Heart Circ Physiol (2014) 307(8):H1120–33. doi:10.1152/
ajpheart.00210.2014 

45. Eid AA, Ford BM, Block K, Kasinath BS, Gorin Y, Ghosh-Choudhury G, et al. 
AMP-activated protein kinase (AMPK) negatively regulates Nox4-dependent 
activation of p53 and epithelial cell apoptosis in diabetes. J Biol Chem (2010) 
285(48):37503–12. doi:10.1074/jbc.M110.136796 

Conflict of Interest Statement: The authors declare that the research was con-
ducted in the absence of any commercial or financial relationships that could be 
construed as a potential conflict of interest.

Copyright © 2017 Raulien, Friedrich, Strobel, Rubner, Baumann, von Bergen, Körner, 
Krueger, Rossol and Wagner. This is an open-access article distributed under the terms 
of the Creative Commons Attribution License (CC BY). The use, distribution or 
reproduction in other forums is permitted, provided the original author(s) or licensor 
are credited and that the original publication in this journal is cited, in accordance 
with accepted academic practice. No use, distribution or reproduction is permitted 
which does not comply with these terms.

http://www.frontiersin.org/Immunology/
http://www.frontiersin.org
http://www.frontiersin.org/Immunology/archive
https://doi.org/10.1016/j.cell.2008.08.021
https://doi.org/10.1042/bj2390121
https://doi.org/10.1038/nri.2016.100
https://doi.org/10.1126/science.1193497
https://doi.org/10.1126/science.1058079
https://doi.org/10.1007/BF02633329
https://doi.org/10.1016/j.devcel.2015.01.029
https://doi.org/10.1038/ncomms8176
https://doi.org/10.1194/jlr.M600413-JLR200
https://doi.org/10.1074/jbc.M113.524587
https://doi.org/10.1038/ncb2152
https://doi.org/10.1038/ni.2215
https://doi.org/10.1016/j.febslet.2004.07.077
https://doi.org/10.1016/j.febslet.2004.07.077
https://doi.org/10.1152/ajpheart.00210.2014
https://doi.org/10.1152/ajpheart.00210.2014
https://doi.org/10.1074/jbc.M110.136796
http://creativecommons.org/licenses/by/4.0/

	Fatty Acid Oxidation Compensates for Lipopolysaccharide-Induced Warburg Effect in Glucose-Deprived Monocytes
	Introduction
	Materials and Methods
	Antibodies and Reagents
	Monocyte Isolation, Cell Culture, and Cytokine Measurement
	Metabolism Analysis
	Measurement of intracellular Polar Metabolites Using IC-MS/MS
	Measurement of Lipid Content Using Biocrates IDQ P150
	Intracellular AMP and ATP Determination
	Intracellular NADH and NADPH Determination
	Lactate-Dehydrogenase Cytotoxicity Assay
	Chemotactic Migration Assay
	Phagocytosis Assay
	Measurement of the Oxidative Burst
	LC3 Fluorescence Microscopy 
in THP1 Cells
	Western Blot
	Scanning Transmission Electron Microscopy
	Statistical Analysis

	Results
	Glucose Deprivation of LPS-Activated Monocytes Abrogates Aerobic Glycolysis and Leads to a Compensatory Increase of Oxidative Phosphorylation
	Oxidative Metabolism Is Mainly Fueled by Fatty Acids in Glucose-Deprived Monocytes
	Impact of Glucose Deprivation on Monocyte Effector Functions
	Active AMPK Drives Oxidative Phosphorylation while Inhibiting Respiratory Burst in Glucose-Deprived Monocytes

	Discussion
	Ethics Statement
	Author Contributions
	Funding
	Supplementary Material
	References


