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Pigs are one of the most important economic livestock. Gut microbiota is not only critical

to the health but also the production efficiency of pigs. Manipulating gut microbiota relies

on the full view of gut microbiome and the understanding of drive forces shapingmicrobial

communities. 16s rDNA sequencing was used to profile microbiota along the longitudinal

and radical axes to obtain the topographical map of microbiome in different intestinal

compartments in young pigs. Alpha and beta-diversities revealed distinct differences

in microbial compositions between the distal ileum and cecum and colon, as well as

between the lumen and mucosa. Firmicutes and Proteobacteria dominated in the ileum,

constituting 95 and 80% of the luminal and mucosa-attached microbiome. Transitioning

from the small intestine to the large intestine, luminal Bacteroidetes increased from 1.69

to 45.98% in the cecum and 40.09% in the colon, while mucosal Bacteroidetes raised

from 9 to 35.36% and 27.96%. Concurrently, luminal Firmicutes and Proteobacteria and

mucosal-attached Proteobacteria remarkably decreased. By co-occurrence network

analyses, Prevotellaceae, Ruminococcaceae, Lachnospiraceae and Veillonellaceae

were recognized as the central nodes of luminal microbial network, and Prevotellaceae

and Enterobacteriaceae, Caulobacteraceae, Enterococcaceae, Xanthomonadaceae,

Pseudomonadaceae were identified as mucosal central nodes. Co-abundance was

uncovered among Prevotellaceae, Lachnospiraceae, and Veillonellaceae in the luminal

and mucosal microbiome, while opportunistic pathogens from γ-Proteobacteria in

the mucosa. Strong co-exclusion was shown between Enterobacteriaceae with

Prevotellaceae-centered microbial groups in the lumen. Redundancy analysis found bile

acids and short chain fatty acids explained 37.1 and 41% of variations in the luminal

microbial composition, respectively. Primary bile acid, taurine- and glycine- conjugated

bile acids were positively correlated with Lactobacillaceae, Enterobacteriaceae,

Clostridiaceae_1, Peptostreptococcaceae, whereas secondary bile acids, acetate,

propionate, butyrate, and valerate were positively correlated with Prevotellaceae,

Acidaminococcaceae, Ruminococcaceae, Lachnospiraceae, Desulfovibronaceae,

Veillonellaceae. Functional analyses demonstrated that Prevotella, Veillonellaceae,

Lachnospiraceae, and Ruminococcaceae were positively correlated with gene functions

related to amino acids, energy, cofactors and vitamins metabolism, which are
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indispensable for the hosts. These results suggested site specific colonization and

co-occurrence of swine gut microbiome closely relate to the microenvironment in each

niche. Interactions of core gut microbiome greatly contributed to metabolism and/or

immunity in the swine intestine.

Keywords: niches, 16s rDNA sequencing, microbiome, co-occurrence, bile acid, SCFA, pig

INTRODUCTION

Enormous numbers of microorganisms inhabit in the
gastrointestinal (GI) tract, playing critical roles in gutmaturation,
nutrient digestion, vitamin synthesis, resistance to pathogens
and immune modulation. Microbial community in the GI tract
remains relatively stable once established, however, critical
factors, such as lifestyle and antibiotics, can result in dramatic
changes in the microbial community. Increasing evidence has
shown that dysbiosis of gut microbial is associated with the
pathogenesis of many inflammatory diseases and infections
(Carding et al., 2015). For example, the use of antibiotics
decreases the richness and diversity of gut microbiota, leading to
subsequent antibiotic-associated diarrhea (Heinsen et al., 2015).
Therefore, the assembly and structure of a microbial community
are critical in maintaining homeostasis of the GI tract and the
health of hosts. Until now, the mechanisms underlying the
process of gut microbial community formation are still far from
being fully understood.

Niches where the microbiota reside are considered as the
deterministic drive to shape the gut microbial community.
Availability of substrates, oxygen concentrations, pH and the
interactions among microbes etc. together make up divergent
niches in different compartments of the GI tract (Hollister
et al., 2014; Pereira and Berry, 2017), which sustain distinct
microbial communities (Stearns et al., 2011; Zhao et al., 2015).
Along the length of the intestinal tract, a natural pH gradient
rises from 6 in the duodenum to 7.4 in the terminal ileum of
the human (Fallingborg, 1999). Under the enzymatic digestion
from host, simple and easily-metabolizable carbohydrates are
abundant and absorbed in the small intestine, and complex
polysaccharides and shedding mucin accumulate in the large
intestine (Walter and Ley, 2011). The richness in substrates and
neutral pH enable the colonization and growth of a high load
of microorganisms in the large intestine. The total population
of bacteria is estimated to be ∼1011–1012 CFU/ml in the large
intestine compared with ∼104–108 CFU/ml of contents in the
small intestine (Rastall, 2004). Due to the pH-sensitivity, gram-
positive Firmicutes dominated at mildly acidic pH levels, whereas
Bacteroides outcompeted them at close to neutral pH levels
(Duncan et al., 2009). The steep decreased concentrations of
oxygen in the large intestine allows a high load of anaerobes,
such as Bacteroides spp., Clostridia and other families within
the Clostridium (including Ruminococcus spp., Butyrovibrio spp.,
Fusobacterium spp., Eubacterium spp., and Peptostreptococcus)
(Rastall, 2004; Albenberg et al., 2014). Recently bile acids in
the digestion fluid receive great interests regarding to their
interactions with gut bacteria (Ridlon et al., 2014; Wahlström
et al., 2016). Microbes possessing bile salt hydrolase (BSH) to

metabolize bile acids, such as Lactobacillus and Clostridium, are
more pronounced in the small intestine (Wahlström et al., 2016).
Competition and cross-feeding between gut microbes further
diversify the microbes in a specific niche. Mucolytic organisms
provide mono- or oligosaccharides or partially-degraded mucins
to bacteria without specialized mucolytic capability and enable
the latter survives in the mucus layer of the intestine (Li
et al., 2015). Considerable studies have been conducted to
unravel links between intestinal microbial community with
substrate availability, oxygen and pH. Additional factors in
the intestine which shape the microenvironment are less
investigated.

Pig is one of the most important economic livestock
around the world. Investigation of gut microbiota is critical to
maintenance health and production efficiency in pigs. Unraveling
the processes and key components to shape the gut microbiome
not only benefits the construction of a healthy gut of the animal
but also provide important evidence for humans because pigs
also serve as a biomedical model of human. Unlike tremendous
studies have been done in humans and rodents in the past 10
years, the discovery of swine gut microbiome fell behind. Most
of the available studies have focused on the effects of dietary
intervention or antibiotics on the composition and structure of
gut microbiota in pigs (Looft et al., 2014b; Sun et al., 2015, 2016;
Umu et al., 2015; Kelly et al., 2016). Yang et al. (2016) and Looft
et al. (2014a) have showed dramatic changes in the microbial
composition and huge diversity among different sections of small
intestine and cecum. Further steps are needed to figure out
critical factors in shaping gut microbial community in pigs. In the
present study, luminal and mucosa-associated microbiome were
profiled along the swine intestine to obtain the taxonomic and
functional shifts of microbiome and their co-occurrence network
in different niches of pigs. Links between microenvironmental
factors and microbiota were further established to understand
critical drive forces to shape swine gut microbiome.

MATERIALS AND METHODS

Ethical Approval
All animals were managed in accordance with the Animal Care
and Use Committee of the Chinese Academy of Agricultural
Sciences, compliant to the Regulations for the Administration of
Affairs Concerning Experimental Animals (The State Science and
Technology Commission of P. R. China, 1988).

Animals and Sample Collection
Young Duroc × Landrace × Large White pigs (body weight:
11.05 ± 0.11 kg) were individually housed, allowed for free
access to feed and water. Conventional corn-soybean meal diets
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were formulated according to Nutrient requirements of swine
published by National Research Council in 2012, which provides
19.16% crude protein and 18.70 MJ/Kg gross energy to pigs
weighing 11–15Kg and 18.46% crude protein and 19.33 MJ/Kg
gross energy to pigs weighing more than 15Kg. No antibiotics
was used before and during the experiment. Twenty-four pigs
were sampled on two consecutive days. Each pig was sacrificed
2 h after themorningmeal to facilitate luminal content collection.
Sections of distal ileum, cecum and proximate colon were in
situ ligated before the entire gastrointestinal tract was removed
from the abdominal cavity. Mucosa and luminal contents from
the middle segments of each gut section were sampled. Mucosa
were first gently flushed with sterile phosphate-buffered saline
and removed by scrapping with sterile glass microscope slides.
Samples were immediately frozen in liquid nitrogen until DNA
extraction and analysis of short chain fatty acids (SCFAs) and
bile acids. Luminal contents were stored at −20◦C prior to
quantification of SCFAs.

Quantification of SCFAs and Bile Acids
Luminal SCFAs, including acetate, propionate, butyrate,
valerate, isobutyrate, and isovalerate were quantified using
gas chromatograph (GC) as described by Wu et al. (2016).
Short chain fatty acid in the digesta were extracted by distilled
water. Metaphosphoric acid (25%, v/v) was added into the
extracts at a ratio of 1:5 to remove protein. After centrifugation
at 9,000 g, each supernatant was subjected for SCFA analysis
with Agilent 6890N GC (Palo Alto, CA). Bile acids in the
digesta were profiled using LC/MS/MS as described by Fang
et al. (unpublished data). First, bile acids were extracted by
sodium acetate buffer (pH 5.6, 50mM) and ethanol in a
water bath shaker at 37◦C for 1 h. Extracts were collected by
centrifuging at 20,000 × g for 15min and passed through
Bond Elute C18 cartridges (Harbor city, CA). Following a rinse
with 20% ethanol, 5ml of methanol was used to elute bile
acids. Solvent were removed from the elutes by pressurized
nitrogen gas. Each sample was reconstituted with 1ml of
methanol before subjecting to Waters Xevo TQ MS LC/MS/MS
system. Standards for cholic acid (CA), chenodeoxycholic
acid (CDCA), deoxycholic acid (DCA), ursodeoxycholic acid
(UDCA), tauro-cholic acid (TCA), glyco-cholic acid (GCA),
tauro-cholic acid (TCDCA), glyco-cholic acid (GCDCA), tauro-
deoxycholic acid (TDCA), glyco-deoxycholic acid (GDCA),
tauro-lithocholic acid (TLCA), tauro-ursodeoxycholic acid
(TUDCA), glyco-ursodeoxycholic acid (GUDCA), tauro-
hyodeoxycholic acid (THDCA) and chemical reagents were
purchased from Sigma-Aldrich (Steinheim, Germany). Bile
acids were categorized into primary bile acids (PBA, CA and
CDCA), secondary bile acids (SBA, UDCA+DCA), taurine
conjugated bile acids (TCBA) and glycine conjugated bile acids
(GCBA).

DNA Extraction, Amplification, and
Sequencing
Almost 0.5–1 gram (wet weight) of homogenized samples
(144 samples) of luminal contents and mucosal tissues from
ileum, cecum and colon of each pig was used. Genomic

DNA was extracted using the manufacturer’s protocol with
the EZNATM Soil DNA kit (D5625-02, Omega Bio-Tek Inc.,
Norcross, GA, USA). The quantity and quality of extracted
DNA was measured using a NanoDrop2000 spectrophotometer
(Thermo Fisher Scientific, Waltham, MA, USA) and agarose
gel electrophoresis, respectively. Results showed that the A260:
A280 ratios were 1.8–2.0, and that the DNA concentrations were
between 10 and 500 ng/µL, indicating that the genomic DNA
extracted met the requirements for subsequent sequencing.
DNA samples were stored at −80◦C prior to further
analysis.

The V3–V4 hypervariable regions of the bacteria
16S rDNA were amplified by PCR using primers 338F
(5′-ACTCCTRCGGGAGGCAGCAG-3′) and 806R (5′-
GGACTACCVGGGTATCTAAT-3′) with unique 8-bp barcodes
to facilitate multiplexing (Caporaso et al., 2012). 20 µL reactions
were prepared containing 4 µL of 5×FastPfu Buffer, 2 µL of
2.5mM dNTPs, 0.8 µL of each primer (5µM), 0.4 µL of FastPfu
Polymerase and 10 ng of template DNA. The reactions were run
on an GeneAmp R© 9700 (Applied Biosystems, Foster City, CA,
USA) with an initial denaturation at 95◦C for 3min; followed
by 27 cycles of denaturation at 95◦C for 30 s, annealing at 55◦C
for 30 s, extension at 72◦C for 45 s; and a final extension at
72◦C for 10min. Amplicons were extracted from 2% agarose
gels and purified using the AxyPrep DNA Gel Extraction Kit
(Axygen Biosciences; Union City, CA, USA) according to the
manufacturer’s instructions and quantified using QuantiFluorTM

-ST (Promega Corporation, Madison, WI, USA). The amplified,
individually barcoded, 16S rDNA amplicons from each sample
were pooled in equimolar and paired-end sequenced (2 ×

250) on the Illumina MiSeq PE300 platform according to
standard protocol (Caporaso et al., 2012). The raw sequence data
were submitted to the NCBI SRA database (NCBI BioProject
PRJNA402089).

Quality-Filtering and Sequence Analysis
Raw reads quality was strictly filtered using QIIME v1.9.0
(Quantitative Insights Into Microbial Ecology, http://qiime.
org/index.html) software package with the following criteria
(Bokulich et al., 2013): (i) the 250 bp reads were truncated at
any site that obtained an average quality score <20 over a 50-
bp sliding window, and the truncated reads shorter than 50 bp
were discarded; (ii) reads with any mismatch in barcode, more
than two nucleotide mismatches in the primer or containing
ambiguous characters were removed; and (iii) overlapping
sequences, shorter than 10 bp or with a mismatch ratio of more
than 0.2 were eliminated.

The remaining high-quality sequences were clustered into
operational taxonomic units (OTUs) at 97% sequence identity
using UPARSE (version 7.1, http://drive5.com/uparse/) pipeline
(Edgar, 2013) and the chimera sequences arising from the
PCR amplification were detected and excluded from the OTUs
using UCHIME (version 4.2.40) (Edgar et al., 2011). Taxonomic
assignment of OTUs was performed with the mother Bayesian
classifier (70% confidence) with theMOTHUR formatted version
of the Ribosomal Database Project (RDP, version 11.1, http://rdp.
cme.msu.edu/) (Maidak et al., 2001).
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Analyses of α- and β- Diversity
Alpha-diversity, Chao1, ACE, Shannon, and Simpson’s evenness
indexes were calculated at 97% identity (Paul et al., 2015)
and plotted using the “phyloseq” package (McMurdie and
Holmes, 2013). Rarefaction metrics were computed using the
alpha_rarefaction.py script in the Qiime package and plotted
using R programme (v3.3.0, https://www.r-project.org/). Each
library size was rarefied at the lowest sequence reads of
all investigated samples. Beta-Diversity was investigated with
QIIME using principal coordinated analysis (PCoA) based on
weighted (assessment of community structure by considering the
abundance of OTU) and unweighted (assessment of community
membership by considering the presence/absence of OTU)
UniFrac distance matrix (Lozupone and Knight, 2005). Analysis
of similarities (ANOSIM) was performed to assess the overall
similarity among intestinal niches by testing the significance
of spatial separation in PCoA. R-value of ANOSIM indicated
distinct microbiota to similar microbiota from 1 to 0 (R > 0.75,
good separation; R > 0.5, overlapping; R < 0.25, no separation)
(Clarke, 1993). PICRUSt (v1.0) was used to predict microbial
gene functions against KEGG pathway database based upon
16S rDNA sequencing data (Langille et al., 2013). Differences
in predicted gene functions of bacterial communities among
luminal or mucosal samples were determined by principal
component analysis (PCA) using the SIMCA-P (v11.5) software
package (Umetrics; Umea, Sweden). OTUs that appeared in at
least 50% samples per examined niche with a minimum count of
100 sequences per OTUwere selected to generate coremicrobiota
in luminal or mucosal samples. Correlations between core OTUs
and microbial gene functions were estimated by a Spearman
correlation coefficient and selected examples were visualized in a
heatmap generated by R using the “microbiome” package (URL:
http://microbiome.github.com/microbiome).

Co-occurrence Analysis of Core
Microbiome
SparCC (Sparse Correlations for Compositional data) was
employed to determine co-abundance (positive) and co-
exclusion (negative) relationships between bacteria taxa at the
absolute abundances (Friedman and Alm, 2012). SparCC and
calculation of two-side pseudo p-values were run on python
scripts based on bootstrapping of 100 repetitions. A network plot
was generated for luminal and mucosal microbiota, respectively,
and correlation magnitudes over 0.6 were plotted when pseudo
P-value was <0.05.

Redundancy Analysis (RDA)
Relationship between luminal microbial composition and
bile acids and SCFAs was determined with RDA which
was implemented in the Canoco 5.0 software package
(Microcomputer Power, Ithaca, NY). Bile acids and SCFAs
composition were introduced as explanatory variables. The
relative contributions of the 28 family-level (average relative
abundance >1% in at least one region) phylogenetic groups were
used as response variables. The Monte Carlo Permutation test
(N = 499) with a P < 0.05 indicates a significant relationship
between bile acids and SCFAs and the microbial composition.

Statistical Analysis
Nonparametric Mann-Whitney (MW) or Kruskal-Wallis (KW)
tests were employed to test the treatment effects of two groups
or more, respectively, and post-hoc Dunn-Bonferroni tests were
performed for pairwise comparisons using SPSS for Windows
(v.21, Chicago, IL).

RESULTS

Bile Acids and SCFAs in Different Intestinal
Compartments
Total bile acids in the ileum were 3-fold as much as those of the
cecum and colon (P < 0.001, Figure 1A). Ileal PBA was about
430 and 580% greater than those of the cecal and colonic sections,
respectively (P < 0.001); whereas SBA was about 25% less (P =

0.002, Figure 1A). Over 55% ileal bile acids were conjugated with
taurine or glycine and the ratio dropped below 17% in the cecum
and colon. From the ileum to the large intestine, total amount
of conjugated bile acids was significantly reduced by 90% (P <

0.001), while free bile acids (PBA + SBA) were lower by 40%
(P < 0.001, Figure 1A). Both glycine- and taurine-conjugated
bile acids were lower in the cecum and colon than the ileum
(P < 0.001, Figure 1A). In general, the composition of PBA, SBA,
GCBA and TCBA was 30:15:35:20 in the ileum, 20:60:15:5 in the
cecum and 15:70:10:5 in the colon. Total concentration of SCFAs
in the large intestine was 5-fold higher than that of the ileum (P<

0.001, Figure 1B) and each SCFA, including acetate, propionate,
butyrate, isobutyrate, valerate and isovalerate, was significantly
greater.

Global Sequencing Data
A total of 5,935,104 valid sequences were obtained from 144
intestinal luminal and mucosal samples (n = 24), with an
average of 41,216 sequences per sample. After data trimming and
quality filtering, 5,001,571 high-quality sequences (representing
∼84% of the total sequences) were acquired, with an average of
34,733 sequences per sample (ranging from 25,655 to 43,561).
Downstream analyses described in the results are based on the
normalized depth of 25,648 reads per sample to account for
differences in sequencing depths (Figure S1). The high-quality
sequences, 3,693,312, clustered into 2,365 operational taxonomic
units (OTUs; 97% identity), representing independent species
belonging to 726 genera, 318 families, 173 orders, 93 classes, and
45 phyla. Results showed that the all Good’s coverage was >0.99,
implying that most of microbial diversity within the luminal and
mucosal samples had been sufficiently captured.

Spatial Changes in Luminal and Mucosal
Microbiota Composition
The greatest number of bacterial phyla with a relative abundance
≥ 0.05% was identified in the microbiota attached to the
ileal mucosa among all six niches, where Gemmatimonadetes
and Planctomycetes were exclusively found (Table S1). In
general, microbiota in swine intestinal niches was dominated
by Firmicutes, Proteobacteria, Bacteroidetes, Actinobacteria, and
Cyanobacteria. Microbial composition changed greatly from the
ileum to the large intestine. In the ileum, Firmicutes (72.82%)
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FIGURE 1 | Bile acids (A) and short chain fatty acids (B) in the distal ileum, cecum and proximate colon of growing pigs. Values are expressed as means. Items with

two asterisks represents a significant difference (P < 0.001). BA, bile acid; CA, cholic acid; CDCA, chenodeoxycholic acid; DCA, deoxycholic acid; LCA, lithocholic

acid; UDCA, ursodeoxycholic acid; HDCA, hyodeoxycholic acid; TCA, tauro-cholic acid; GCA, glyco-cholic acid; TCDCA, tauro-cholic acid; GCDCA, glyco-cholic

acid; TDCA, tauro-deoxycholic acid; GDCA, glyco-deoxycholic acid; TLCA, tauro-lithocholic acid; TUDCA, tauro-ursodeoxycholic acid; GUDCA,

glyco-ursodeoxycholic acid; THDCA, tauro-hyodeoxycholic acid.

and Proteobacteria (21.92%)made up 95% of luminal microbiota,
and the proportion of these two phyla were reduced to 51.08
and 57.58% in the cecum and colon, respectively (P < 0.001).
Meanwhile, Bacteroidetes was highly increased from 1.69% in
the ileal lumen to 45.98 and 40.09% in the two sections
of the large intestine (Figure 2A, Table S1). Mucosa-attached
Firmicutes was at a relatively stable level close to 50% across
all three intestinal sections, whereas Bacteroidetes (9.08% in the
ileum) was increased by 3.6 and 2.85-fold in the cecal (35.36%)
and colonic mucosa (27.96%), but not as profound as in the
lumen. Mucosal Proteobacteria was greater than the luminal
counterparts and its proportion went down from 30.13% in the
ileum to 15.45 and 18.04% in the cecum and colon, respectively.
In the ileum, mucosal microbiota was less abundant in the
Firmicutes but greater in Proteobacteria and Bacteroidetes. In
contrast, major compositional differences between mucosal and
luminal microbiota in the colon and cecum were the increased
Proteobacteria and the decreased Bacteroidetes in the mucosa
(Figure 2A).

At the family level (Figure 2B, Table S2), greater
Prevotellaceae within Bacteroidetes while less Enterobacteriaceae,
Campylobacteraceae, Helicobacteraceae, and Desulfovibronaceae
within Proteobacteria were found in the large intestine than the
ileal sections. Although the proportion of the Firmicutes phylum
was significantly reduced in the luminal microbiota colonized
in the cecum and colon, Veillonellaceae, Lachnospiraceae
and Ruminococcaceae within Firmicutes were increased when
Lactobacillaceae was decreased in the mucosa and lumen of the
large intestinal sections.

Campylobacteraceae, Helicobacteraceae and
Desulfovibronaceaewithin Proteobacteriawere almost exclusively
present in the mucosa-attached microbiota.

At the genus level, Lactobacillus, Clostridium_sensu_stricto_1,
Tenisporobacter and Escherichia-Shigella dominated the
ileal microbiota and significantly decreased in the large
intestine (Figure 2C, Table S3). Five genera of Prevotellaceae

(Prevotella-9, Alloprevotella, Prevotellaceae_NK3B31_group,
Prevotellaceae_uncultured, Prevotella_2), two genera of
Veillonellaceae (Megasphaera and Veillonellaceae_uncultured)
and Faecalibacterium of Ruminococcaceae were greater in
the cecum and colon in comparison with the ileal section.
Comparisons between luminal and mucosa-attached microbiota
revealed that Campylobacter, Helicobacter, Pseudomonas,
and Lawsonia within Proteobacteria were increased, whereas
Prevotella_9 and Prevotella 2 within Prevotellaceae were
decreased in the mucosa of cecum and colon.

Diversity and Richness of Luminal and
Mucosal Microbiota
Numbers of OTUs, Chao 1 and Shannon index, indicating α-
diversity of microbiota, showed significant differences among
intestinal niches (Figure 3). Among luminal samples, α-diversity
parameters were substantially increased in the cecum and
colon compared with ileum. In contrast, less intra-segment
variations were observed in mucosa-attached microbiota, where
only slight differences were found in the number of OTUs,
Chao 1 and Shannon index between the cecum and colon. Of
note, the total number of OTUs identified in the microbiota
attached to the ileal mucosa was almost 3.5 times that identified
in the luminal samples (Figure 3A). Compared with luminal
microbiota, Chao 1 (Figure 3B) and Shannon index (Figure 3C)
were smaller for bacteria attached to mucosa in the ileum and
cecum.

Beta-diversity was assessed by the unweighted and weighted
principal coordinate analysis (PCoA). It was clear that the
ileal microbiota either attached to the mucosa or colonized
in lumen clustered together to separate from the cecal and
colonic microbiota (Figure 4). Cecal microbiota did not separate
from the colonic community except those attached to the
mucosa in the unweighted PCoA plot (Figure 4C). ANOSIMs
also confirmed the structural dissimilarity between the ileal
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FIGURE 2 | Spatial distribution of the most abundant taxa of intestinal microbiota in the distal ileum, cecum and proximate colon of growing pigs at the level of phylum

(A), family (B), and genus (C). Values are expressed as means. Only taxa that occupied more than 0.5% in at least one region at the phylum level or more than 3% at

the family and genus level are presented.

FIGURE 3 | Alpha-diversity of microbiome residing in the lumen and mucosa of the distal ileum, cecum and proximal colon of pigs. (A), OTUs; (B), Chao value; (C),

Shannon index. Values are expressed as means ± standard error. Boxes with an asterisk symbol above their whiskers are significantly different between the lumen

and the corresponding mucosa in each intestinal niche. Boxes with a different letter (within the same color) under their whiskers are significantly different among the

luminal samples (red) as well as other mucosal samples (blue).

microbiota and counterparts colonized in the large intestine.
Luminal microbiota from ileum was well separated from those
in the large intestinal sections (R > 0.75, Table 1); whereas
microbiota attached to mucosa overlapped a little with those that
colonize the lumen of cecum and colon (0.5< R< 0.75, Table 1).
Similar structure of luminal microbiota community was found in
the cecum and colon asR-values were below 0.25 when an overlap

in community structure was indicated in the cecal and colonic
bacteria attached tomucosa. Using unweighted UniFrac distance,
mucosa-attached microbiota showed significant dissimilarities
with the luminal microbiota in the ileum and cecum. In contrast,
only modest separations were observed between the mucosal
and luminal microbiota in all three intestinal sections using the
abundance-weighted model (Table 1).
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FIGURE 4 | PCoA plots based on unweighted and weighted UniFrac distances of luminal microbiome (A,B) as well as mucosa-attached microbiome (C,D).

Respective ANOSIM R values showing the extent of community variation among different intestinal segments and statistical significance were indicated. Axes

represent the two dimensions explaining the greatest proportion of variances in the communities for each analysis.

TABLE 1 | ANOSIM R-values based on weighted and unweighted UniFrac

distances of microbial community between variables (Sample size n = 24,

Number of permutation tests are 999).

Variables Unweighted

Ra
P-value Weighted

Ra
P-value

All niches 0.6132 0.001 0.5096 0.001

LUMEN VS. MUCOSA

Ileum 0.8471 0.001 0.2621 0.001

Cecum 0.6581 0.001 0.2905 0.001

Colon 0.1851 0.001 0.2662 0.001

LUMEN

Ileum vs. Cecum 0.9925 0.001 0.9032 0.001

Ileum vs. Colon 0.9979 0.001 0.8691 0.001

Cecum vs. Colon 0.1936 0.002 0.0752 0.019

MUCOSA

Ileum vs. Cecum 0.7279 0.001 0.6493 0.001

Ileum vs. Colon 0.5883 0.001 0.664 0.001

Cecum vs. Colon 0.7163 0.001 0.1754 0.002

Co-occurrence of Core Microbiota in
Lumen and Mucosa
SparCC was employed to characterize co-occurrence
relationships between 64 core OTUs, and 1,550 and 1,099
significant correlations were revealed in the microbiome residing
in the lumen (Table S4) and mucosa (Table S5), respectively.
When within-site relationships were considered, the ratio of
co-abundance to co-exclusion (787 vs. 763, 556 vs. 543) was
close to 1 in the lumen or mucosa, which is similar to findings
of Faust et al. (2012). Interestingly, almost all intra-family
correlations in luminal (Figure 5E) or mucosal (Figure 5F)
microbiota were positive, whereas negative edges were slightly
greater than positive ones in the inter-family relationships
(lumen, 618 vs. 762; mucosa, 432 vs. 540), respectively. Co-
occurrence networks were visualized with core OTUs of
strong correlations (i.e., SparCC correlation magnitude of
≥0.6, p ≤ 0.05, Figure 5). Families within Firmicutes and
Bacteroidetes were mainly found as the hubs of luminal
microbiota, whereas the main hubs of mucosal microbiota were
families from Proteobacteria and Bacteroidetes phyla. Core OTUs
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FIGURE 5 | Intra-family and inter-family networks between core OTUs were constructed for luminal samples (A,C) and mucosal samples (B,D), respectively. The color

of each node indicates the taxonomic group of those core OTUs at the family level. Only significant correlations (two-sided pseudo p ≤ 0.05 based on bootstrapping

of 100 repetitions) with an absolute correlation magnitude ≥ 0.6 were presented. Nodes represent OTUs involved in either significant co-abundance (red edges) or

co-exclusion (blue edges) relationships. Density plots indicate the magnitudes of the significant inter-family and intra-family correlation (p ≤ 0.05 following

bootstrapping) among core OTUs in the luminal microbiome (E) and the mucosa-attached microbiome (F).

of Prevotellaceae belonging to Bacteroidetes were the central
nodes for both luminal and mucosal microbiota and established
extensive correlations with other OTUs, which accounted for
almost 25% of total correlations. In addition to Prevotellaceae,
Ruminococcaceae, Lachnospiraceae, Veillonellaceae, and
Streptococcaceae within Firmicutes were the most correlated
hubs for the luminal microbiota, whereas Pseudomonadaceae,
Enterococcaceae, Caulobacteraceae, Xanthomonadaceae, and
Enterobacteriaceae within Proteobacteria and Lachnospiraceae
within Firmicutes were the main hubs for mucosal microbiota
(Table S6).

Compared with mucosa-attached microbiota, a greater
number of inter-family correlations (Figures 5C,D), but

comparable intra-family correlations, were revealed in the
luminal microbiota (Figures 5A,B). Positive correlations were
identified among OTUs of Prevotellaceae, Veillonellaceae,
Lactobacillaceae, and Pseudomonadaceae in both luminal
(Figure 5A) and mucosal microbiota (Figure 5B). However,
correlations between OTUs of Ruminococcaceae and
Lachnospiraceae were only apparent in luminal samples
(Figure 5C). OTUs of Enterobacteriaceae were negatively
correlated with those of Prevotellaceae, Ruminococcaceae, and
Lachnospiraceae and Veillonellaceae in the lumen (Figure 5C)
but positively correlated with those of Caulobacteraceae,
Enterococcaceae, Xanthomonadaceae, and Pseudomonadaceae in
the mucosa (Figure 5D).
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Microbiome Responding to Luminal Bile
Acids and SCFAs in the Different Gut
Sections
The difference observed in redundancy analysis was significant
(P = 0.002) as assessed by Monte Carlo Permutation Procedure.
In total, 51.6% of total variations in microbiota composition
at the family level were related to luminal bile acids and
SCFAs. Among them, luminal bile acids explained 37.1%
of the total variations and SCFAs did 41%. The first and
second principal component contributed to 37.34 and 9.92%
of total variations (Figure 6). The triplot of RDA showed that
the ileum and large intestine samples were separated at the
first constrained axis. Lactobacillaceae, Enterobacteriaceae,
Clostridiaceae_1, Peptostreptococcaceae, Mycoplasmataceae,
Campylobacteraceae and Erysipelotrichaceae were positively
correlated with PBA, GCBA, and TCBA, while Prevotellaceae,
Acidaminococcaceae, Ruminococcaceae, Lachnospiraceae,
Desulfovibronaceae, Veillonellaceae, Bacteroidales_S24.7_group,
Rikenellaceae were positively correlated with SBA and acetate,
propionate, butyrate and valerate.

Predicted Gene Functions of Microbiota
that Colonize Different Niches
To understand the functional differences among microbiome
residing in distinct niches, 144 metagenomes were annotated

FIGURE 6 | Triplot of redundancy analysis (RDA) of the intestinal microbial

composition at the family level relative to luminal bile acids and SCFAs. Only

taxa with an average relative abundance ≥ 1% in at least one region were

involved. Microbiota from the distal ileum, cecum and colon were indicated by

red circles, blue square and green triangles, respectively. Constrained

explanatory variables (primary bile acid, PBA; secondary bile acid, SBA;

taurine-conjugated bile acid, TCBA; glycine-conjugated bile acid, GCBA;

SCFAs including acetate, propionate, butyrate, valerate, isobutyrate and

isovalerate) were indicated by red arrows. Responding taxa were indicated by

black arrows and only those with highest fit in ordination plot were labeled.

First and second coordinates were plotted, showing 37.34 and 9.92% of the

total variability in the data set, respectively. Top-left, P-value was obtained by

Monte Carlo permutation procedure (MCPP).

with the KEGG pathway analyses to obtain a total of 39 categories
of gene functions (Figure S2). Principal component analyses
revealed a cluster of cecum and colon which was clearly separated
from the ileum (Figures 7A,B). The most abundant gene
functions included membrane transport (∼13%), replication
and repair (∼9.59%), carbohydrate metabolism (∼9.9%), amino
acid metabolism (∼8.6%), energy metabolism (∼5.5%) and lipid
metabolism (∼2.79%) (Table S7). Of those six predominant
gene functions, those involved in the metabolism of amino
acid, energy and lipid were more enriched whereas membrane
transport was lower in the ileal mucosa than those in the lumen.
Gene functions involved in the metabolism of carbohydrate and
lipid were overrepresented in the luminal microbiota of large
intestine. In addition, genes related to lipid metabolism and
amino acid metabolism were enriched in the lumen of cecum and
colon, respectively (Table S7).

Similar patterns were found in the correlation between
microbial gene functions and core intestinal OTU in the lumen
(Figure 7C, Table S8) and mucosa (Figure 7D, Table S8).
Core OTUs derived from Bacteroidetes, Acidaminococcaceae,
Lachnospiraceae, Ruminococcaceae and Veillonellaceae
within Firmicutes, and Campylobacteraceae, GR-WP33-58,
Succinivibrionaceae, and Spirochaetaceae within Proteobacteria
were positively correlated with gene functions related to
metabolism of amino acid, energy and cofactors and vitamins,
enzyme families, glycan biosynthesis and metabolism, but
negatively correlated with lipid metabolism and membrane
transport. An opposite pattern was found in the OTUs
derived from Bacillaceae, Clostridiaceae, Enterococcaceae,
Erysipelotrichia, Peptostreptococcaceae, Streptococcaceae
within Firmicutes, Caulobacteraceae, Enterobacteriaceae,
Pseudomonadaceae, Xanthomonadaceae within Proteobacteria,
and Mycoplasmataceae within Tenericutes. Of note, the
correlations were generally weaker in the mucosa-related
microbiota compared with the luminal microbiota. However,
OTUs of Proteobacteria, Enterococcaceae, Streptococcaceae found
in mucosa communities showed a stronger positive correlation
to lipid metabolism than their luminal counterparts.

DISCUSSION

Luminal and mucosa-attached microbiota in the swine intestine
were dominated by Firmicutes, Bacteroidetes and Proteobacteria,
similar to previous findings in pigs (Looft et al., 2014a; Mach
et al., 2015; Sun et al., 2015, 2016; Umu et al., 2015; Kelly
et al., 2016; Ramayocaldas et al., 2016) and humans (Qin
et al., 2010). Significant differences in microbial richness, α-
diversity and β-diversity were found among the three gut
sections as well as between the lumen and mucosa, despite
of the structural continuity of the investigated gut sections.
Microbiome profile (abundance of OTU) as well as structure
(presence or absence of OTU) contributed to the diversity of
the microbial community residing in different gut niches. The
increased Prevotella within Bacteroidetes and Veillonellaceae,
Lachnospiraceae and Ruminococcaceae within the Firmicutes
equip the large intestine with metabolic capabilities that are

Frontiers in Microbiology | www.frontiersin.org 9 January 2018 | Volume 9 | Article 48

https://www.frontiersin.org/journals/microbiology
https://www.frontiersin.org
https://www.frontiersin.org/journals/microbiology#articles


Zhang et al. Swine Microbial Heterogeneity and Co-occurrence

FIGURE 7 | Principal component analyses (PCA) of gene functions of microbiome residing in lumen (A) and mucosa (B). Heatmap illustrated correlations (red:

positive; blue: negative) between phylogenetic groups at the level of genus and KEGG pathways for luminal microbiome (C) and mucosa-attached microbiome (D).

Significant correlations were indicated by “+” (q < 0.05).

indispensable for host survival. Specifically, the taxonomic shifts
in the Prevotella and genera of Proteobacteria (Campylobacter,
Helicobacter, and Lawsonia) between the luminal and mucosal
bacteria support the assumption that luminal microbiota may
be more involved in the metabolism and digestion of nutrients,
whereas the mucosal microbiome may be more involved in the
immune function.

Along the length of the intestinal tract, great variations in
Bacteroietes, Firmicutes and Proteobacteria were found between
the ileum and the large intestine. Spatial changes in bacterial
composition along the intestinal tract closely related to the
dramatic changes in the intestinal microenvironments. First
of all, oxygen availability significantly decreased from the
ileum to the large intestine (He et al., 1999; Espey, 2013).

Facultative anaerobes, such as Enterobacteriaceae (Donaldson
et al., 2016) can easily grow in the ileum and anaerobic
Bacteroidetes are adapted to low oxygen environment in
the large intestine. Oxygen-sensitive Bacteroidetes remarkedly
increased when oxygen-tolerant Proteobacteria decreased in
the large intestine. Secondly, pH gradient along the intestine
was another important factor to shape the dynamic changes
of Firmicutes and Bacteroides. Firmicutes dominated at mildly
acidic pH levels (∼5.5) similar to the ileum environment,
whereas Bacteroides spp. outcompeted them at close to neutral
pH levels (∼6.7) (Duncan et al., 2009). Thirdly, most of
dietary nutrients are fully digested at the end of ileum
under normal physiological conditions, and undigested complex
carbohydrates accumulate in the large intestine and undergo
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bacterial fermentation. In growing pigs, the apparent ileal
digestibility of carbohydrates is about 70% (Chen et al.,
2013), which means approximately 30% carbohydrates enter
the lower intestinal sections. Therefore, microbiota capable
of degrading complex carbohydrates, including Bacteroidetes
(Arumugam et al., 2011) and some families of Firmicutes
(Veillonellaceae, Lachnospiraceae, and Ruminococcaceae) (Rode
et al., 1981; Duncan et al., 2007), were significantly increased in
the large intestine. Microbial fermentation capabilities are greatly
promoted, indicated by the over 5-fold increase in the SCFA
production.

In the current study, we showed a great difference in total
bile acid pool in different gut sections, which was reduced by
1/3 in the large intestine compared with the ileum. Bile salts
are known to be important for bacteria colonization. In the
ileum, the number of bile salt-sensitive bacteria is limited. For
example, Prevotellaceae, highly sensitive to bile salts (Krause
and Russell, 1996), made of <10% of ileal microbiota, but
became the dominant bacterial family in the cecum and colon.
Redundancy analyses further showed that the ileal microbiota
positively correlated with primary and conjugated bile acids
but negatively correlated to secondary bile acids, whereas the
microbiota communities in the cecum and colon had an opposite
relationship with bile acids. Interactions have been widely
reported for bile salts and intestinal microbiota (Kurdi et al.,
2006; Wahlström et al., 2016). Many ileal-dominant microbiota,
such as Lactobacillus and Clostridium (Archer et al., 1982), have
bile acid inducible genes (BSH activities) to deconjugate bile
acids and convert primary bile acids to secondary bile acids, a
process important for bile acidsmetabolism. It is believed that the
composition of intestinal bile acid pool is one of critical driven
forces in shaping topographical distribution of microbiota in the
intestine.

Intestinal microbiome is capable of various metabolic
functions that are lacking in the host, and therefore is important
for the life of host animals. Our results showed Bacteroidetes,
Veillonellaceae, Lachnospiraceae, and Ruminococcaceae were
positively correlated with metabolism of amino acid, energy,
cofactors and vitamins, secondary metabolites and glycan. Since
these taxa dominated in the large intestine, microbial metabolic
activities in the large intestine are very important routes for
digestion of complex carbohydrates and biotransformation of
amino acids and vitamins in the hosts (Gill et al., 2006).

Mucosal microbiota that colonize in the mucus layer
have a notable role in immunomodulation and gut-brain
communication (Bienenstock et al., 2015; Min and Rhee,
2015). The physicochemical conditions and substrate availability
of mucosa and lumen create diversified microenvironments
that support diverse microbial populations (Stearns et al.,
2011). The spatial distribution of mucosa-associated microbiota
differed from that of the luminal microbiota, where mucosal
Bacteroidetes significantly increased when Proteobacteria rather
than Firmicutes decreased in the cecum and colon. In the same
segment of cecum and colon, enrichment in Campylobacter,
Helicobacter, Pseudomonas, and Lawsonia, but lower abundance
of Prevotella_9 and Prevotella_2 were found in the mucosa
in comparison to the lumen. This observation is consistent
with the study conducted in weaning piglets by Kelly et al.

(2016), who found microaerophilic Helicobacteraceae and
Campylobacteraceae were enriched in the mucosa, whereas
obligate anaerobic bacteria from Prevotellaceae, Lachnospiraceae,
Ruminococcaceae, and Veillonellaceae were abundant in the
lumen of the cecum (Kelly et al., 2016). Oxygen diffusion from
the epithelial capillary network creates an oxygen-abundant
microenvironment in the mucosa (Albenberg et al., 2014). The
oxygen gradient at the radius level has great impacts on the
differential colonization of bacteria in the lumen and mucosa. In
addition, Campylobacter and Helicobacter have rapid motility at
high viscosity (Beeby, 2015), and great mucin-colonizing ability
(Naughton et al., 2013), making them adept at the outer mucus
layer. More importantly, Campylobacter (Lastovica et al., 2014),
Helicobacter (Cahill et al., 1997), and Lawsonia (McCluskey et al.,
2002) are obligate intracellular bacteria. The commensal presence
of those pathogens potentially stimulates the immunoprotecting
function of the intestinal epithelial barrier. However, overgrowth
of these microbes disturbs the intestinal barrier function and
consequently results in enteric diseases.

Distinct differences were revealed in the co-occurrence of core
microbiota in the lumen and mucosa of pigs. Prevotellaceae,
Ruminococcaceae, Lachnospiraceae andVeillonellaceae very likely
assemble a functional group in the lumen of healthy piglets,
which centers the microbial network in the lumen. Prevotella
and Ruminococcus were also identified as central genera of
the two enterotype-like clusters related to growth traits of
commercial pigs (Ramayocaldas et al., 2016). Cross-feeding/co-
metabolism occurs between Prevotella and Ruminococcaceae,
Lachnospiraceae and Veillonellaceae to utilize mucin to produce
butyrate (Wright et al., 2000; Fischbach and Sonnenburg,
2011). All these data suggested that microbial capabilities to
degrade complex carbohydrates and produce SCFAs are of
great importance to the growth performance of swine. The
co-abundance of functionally-similar organisms in the same
niche is considered to be an important feature of the gut
ecosystem to maintain the robustness and resilience (Moya and
Ferrer, 2016). In the mucosa, Prevotellaceae was co-abundant
with other SCFA producers as their luminal counterparts.
In addition, co-abundance of opportunistic pathogens from
γ-Proteobacteria assemble the other function microbial group in
the mucosa. All taxa of γ-Proteobacteria are Gram-negative with
a lipopolysaccharide-containing outer membrane, which can
elicit proinflammatory effects in susceptible hosts. An expansion
of Proteobacteria was noted in the inflammatory bowel disease
(IBD) (Mukhopadhya et al., 2012), suggesting the co-occurrence
of mucosa-association is closely related to the occurrence of
inflammation.

Noteworthy, the Enterobacteriaceae of Proteobacteria was
co-exclusive to Prevotellaceae-centered microbial groups in
the lumen. Negative interactions between Enterobacteriaceae
and Prevotellaceae, Ruminococcaceae, and Lachnospiraceae
were also observed in several diseases, such as Parkinson
Disease (Scheperjans et al., 2015), IBD (Morgan et al., 2012;
Mukhopadhya et al., 2012), hepatic encephalophy (Bajaj, 2014),
and enteritis (Mon et al., 2015). The co-exclusion relationship
between Enterobacteriaceae and Prevotellaceae-centered
microbial groups are particularly important for the health of
the intestine. Bacteria belonging to Bacteroidia (Provotellaceae)
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FIGURE 8 | Spatial heterogeneity of microbial communities in different niches of swine intestine. Nutrients availability, gradients of pH, oxygen as well as bile acids

along the length of the intestine shape the size and structure of microbial community in the ileum and the large intestine, respectively. In the ileum, abundant simple

nutrients, mildly acidic pH, microaerobic environment sustain the growth of bile acid-tolerant, facultative taxa. In contrast, the large intestine is populated by anaerobic

taxa that can utilize complex carbohydrates. Heterogeneity in microbial assembly, structure and function is present along the radical axis when nutrition sources and

oxygen sustain the growth of some opportunistic pathogens in the mucosa, such as Camypylobacteraceae and Helicobacteraceae.

and Clostridia (Ruminococcaceae, Lachnospiraceae) have
great capacities in the complex carbohydrates digestion
to produce SCFAs. SCFAs can directly reduce the growth
of Enterobacteriaceae by lowing the pH. They also can
reduce the colonization of Enterobacteriaceae by suppressing
inflammations. Facultative anaerobic Proteobacteria, including
Enterobacteriaceae, are able to respire nitrate or other electron
acceptors generated by inflammations (Winter et al., 2010, 2013).
In contrast, obligate anaerobic Clostridia and Bacteroidia lack
the terminal oxidoreductases needed to use those exogenous
electron acceptors. Via GPR43, SCFAs interact with Treg cells
to increase IL-10 and limit effector CD4+ T cells to reduce the
inflammatory responses (Atarashi et al., 2011; Smith et al., 2013),
consequently decreasing Enterobacteriaceae colonization. The
colonization resistance between obligate anaerobic Bacteroidia
and Clostridia and facultative anaerobic Enterobacteriaceae is
one of the mechanisms to prevent intestinal infections (Spees
et al., 2013).

By taking advantages of next generation sequencing, the
current study obtains a topographical map of swine gut
microbiome. Heterogeneities in microbial assembly, structure
and function are noted in six compartments of swine intestine,
representing different natural niches. Co-occurrence network
analyses reveal two potential functional microbial groups in
the lumen and mucosa. The Prevotellaceae-centered group is
greatly involved in the utilization of refractory carbohydrates to
produce SCFAs, while the Proteobacteria group is of importance

in the immune response. Putting our findings and previous data
together, it showed substrate availability, oxygen gradients, pH as
well as SCFAs and bile acids and co-existence of microorganisms
are critical gut microenvironmental factors shaping the microbial
communities residing in the swine intestine (Figure 8). This
work will greatly facilitate development of strategies for targeting
gut microbiome manipulation to improve the health and
production efficiency of pigs.
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