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In plants, actin filaments have an important role in organelle movement and cytoplasmic
streaming. Otherwise microtubules (MTs) have a role in restricting organelles to specific
areas of the cell and in maintaining organelle morphology. In somatic plant cells, MTs also
participate in cell division and morphogenesis, allowing cells to take their definitive shape
in order to perform specific functions. In the latter case, MTs influence assembly of the
cell wall, controlling the delivery of enzymes involved in cellulose synthesis and of wall
modulation material to the proper sites. In angiosperm pollen tubes, organelle movement
is generally attributed to the acto-myosin system, the main role of which is in distributing
organelles in the cytoplasm and in carrying secretory vesicles to the apex for polarized
growth. Recent data on membrane trafficking suggests a role of MTs in fine delivery and
repositioning of vesicles to sustain pollen tube growth. This review examines the role
of MTs in secretion and endocytosis, highlighting new research cues regarding cell wall
construction and pollen tube-pistil crosstalk, that help unravel the role of MTs in polarized
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growth.
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INTRODUCTION

In plant cells, microtubules (MTs) play crucial roles in cell divi-
sion, expansion and morphogenesis. Unlike in animals, cytoplas-
mic streaming and organelle movement in plant cells are mostly
attributed to the actin cytoskeleton (Shimmen, 2007). The specific
role of actin filaments is thought to have been inherited by land
plants from an ancestral streptophyte algae; in fact, in the giant
internodal cells of Characean algae, myosin generates very fast
cytoplasmic streaming which depends on a dramatic acceleration
of ADP release and an extremely fast ATP binding rate (Ito et al.,
2003, 2007). Thus myosin motors enable more efficient organelle
and metabolite movement in large plant cells. The recent use of
high- and low-speed chimeric myosin expressed in Arabidopsis
thaliana has shown that the increase and decrease in plant cell
size are related to acceleration and deceleration of cytoplasmic
streaming, respectively. These findings suggest that cytoplasmic
streaming is one of the key regulators of plant cell size (Tominaga
etal., 2013).

Although some MT-associated motor proteins, such as
kinesins, seem to target and to be involved in the fine positioning
of organelles at their cellular destinations, it is uncertain whether
MTs participate in long-distance trafficking of organelles or vesi-
cles (Cai et al., 2000; Cai and Cresti, 2012). The characterization
of CLASP, which functions as a plus-end-tracking MT-associated
protein, suggests that MTs bind to endosomes and are involved in
endosome sorting and trafficking (Ambrose et al., 2013). Further-
more, CLASP mediates the interaction between MTs and plasma
membrane (PM) and plays a role in the organization of MTs in the

cell cortex (Ambrose et al., 2011). Thus, while actin-dependent
cytoplasmic streaming uniformly redistributes organelles in plant
cells, restriction of organelles to specific cell areas appears to
be actin-independent and suggests the involvement of MTs (for
reviews, see Brandizzi and Wasteneys, 2013; Cai et al., 2014). In
addition, the maintenance of Golgi morphology, characterized by
the presence of structurally and functionally independent stacks,
has been associated with MT integrity (Wang et al., 2012b). It
was also recently reported that MTs contribute to ER tubule
elongation and anchoring in Arabidopsis (Hamada et al., 2014).
MTs could therefore have a role in controlling organelle zonation
and shape in plant cells.

During cell division, MTs arrange into the pre-prophase band,
mitotic spindle and phragmoplast (for a review, see Rasmussen
et al., 2013). After cell division, cells grow and take specific
shapes depending on their differentiation pattern. Cell shape is
determined by different mechanisms involving turgor pressure
and cell wall tension and structure. The orientation of cellulose
microfibrils in the cell wall has a major role in determining cell
shape, and is in turn controlled by cortical MTs. A protein com-
plex containing multiple isoforms of cellulose synthase (CESA),
namely cellulose synthase complex (CSC), is located in the PM
and synthesizes the glucan chains that form elementary cellulose
fibrils. Elementary fibrils contain 18-24 glucan chains, suggesting
that some of the CESA proteins in CSC could be enzymically
inactive or that a single glucan chain could be synthesized by more
that one CESA protein (Fernandes et al., 2011; Newman et al,,
2013; Thomas et al., 2013; Li et al., 2014). The distribution of
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CSCs on the cell surface depends on correct targeting of CSC-
containing vesicles to the PM. Secretion of CSC vesicles by the
trans-Golgi network (TGN) appears to be actin-dependent, while
cortical MTs play a role in positioning CESA in the appropriate
PM sites (Gutierrez et al., 2009). CSC-containing Golgi bodies
show a MT-dependent pause under the PM, allowing delivery of
CSC vesicles to their PM sites (Crowell et al., 2009). It has also
been postulated that CSC internalization and recycling are MT-
dependent (Crowell et al., 2009; Bashline et al., 2014a,b).

Despite increasing knowledge of the role of MTs in membrane
trafficking and in somatic cell division, growth and morphogen-
esis very little is known about their role in cells with polarized
growth, such as pollen tube cells. In lower plants MTs play
a major role in fertilization, as plants deliver flagellated male
gametes that swim in an aqueous medium to reach the female
gamete. In Coniferophyta, Gnetophyta, and Magnoliophyta, male
gametophytes evolved the pollen tube as a biological channel to
convey sperm cells to the egg cell. This new structure implied the
loss of flagella; sperm cells retain a basket-like MT apparatus and
a tail where MTs are crossbridged but not organized to form an
axonemal structure (Cresti et al., 1990; Southworth and Cresti,
1997). The mechanism of generative/sperm cell movement along
the growing pollen tube and how this movement is regulated is
still being studied. It is reported that MTs control the distance of
male germ units from the pollen tube tip (Laitiainen et al., 2002;
Sanati Nezhad et al., 2013).

This review focuses on emerging new roles of MTs in the
growth of angiosperm pollen tubes and their interactions with
style tissues. Pollen tube elongation depends on polarized secre-
tion of cell wall material and new segments of PM in a restricted
area of the apex (for a recent review of the actin-mediated
trafficking in the clear zone, see Hepler and Winship, 2015).
The pollen tube is also characterized by an unequal distribution
of proteins and lipids along the PM, made possible by selective
internalization and recycling of PM domains (Moscatelli and
Idilli, 2009; Onelli and Moscatelli, 2013; Hepler and Winship,
2015). The actin cytoskeleton is involved in cytoplasmic streaming
and in delivering secretory vesicles to the apical PM (Hepler et al.,
2001; Lovy-Wheeler et al., 2007; Cheung and Wu, 2008; Chebli
et al., 2013a; Rounds et al., 2014). On the contrary, the role of
MTs in polarized cell growth has not been defined. Nevertheless,
new evidence suggests that MTs could be involved in short-lived
movement of membranous organelles in pollen tubes (Romagnoli
et al., 2003; Idilli et al., 2013).

Here we look at new evidence suggesting involvement of MTs
in membrane trafficking with the aim of highlighting new cues for
unraveling the structural constraints of polarized growth.

MICROTUBULES AND VESICLE/ENDOSOME TRAFFICKING

A recent model of pollen tube growth postulates the presence of
distinct sites of exocytosis and endocytosis (Figure 1). Fast exocy-
tosis in the apical flanks is supposed to provide new PM and cell
wall material supporting tip growth (Zonia and Munnik, 2008;
Chebli et al., 2012; Moscatelli et al., 2012). This fast secretion
appears to be actin-dependent while slower actin-independent
exocytosis occurs in the central domain of the apex (Moscatelli
et al., 2012; Rounds et al., 2014; Hepler and Winship, 2015).

The excess PM secreted in the apical flanks is retrieved by
an actin-dependent internalization process in the shank of the
tube (Moscatelli et al., 2007, 2012; Zonia and Munnik, 2008).
These endocytic vesicles are mostly recycled to the secretory
pathway through Golgi apparatus and are partially destined for
degradation. On the contrary, PM internalized in the apex is
mostly conveyed to the degradation pathway and does not involve
the Golgi apparatus. Endocytosis dissection experiments using
charged nanogold have also shown a mechanism of tip-localized
membrane recycling that is probably involved in regulating apical
PM protein/lipid composition (Parton et al., 2001; Helling et al.,
2006; Moscatelli et al., 2007).

MICROTUBULES AFFECTED MEMBRANE DYNAMICS IN THE APEX

It was recently shown that actin-independent internalization and
exocytic events taking place in the apex require MTs (Idilli et al.,
2013). In Nicotiana tabacum pollen tube, dynamic MTs are orga-
nized in short randomly oriented strands in the shank and apex
(5-30 pm from tip), whereas more stable MTs forming long,
longitudinally oriented bundles are present in the cortical region
of the distal area (Figure 1; Cheung et al., 2008; Idilli et al., 2012,
2013).

The presence of dynamic MTs in the shank and tip is
suggested by their higher sensitivity to low concentrations of
nocodazole (Noc), which does not affect MT bundles in the
distal part of the tube (Idilli et al., 2013). In addition, a cen-
trosomal homolog polypeptide, recognized by anti-6C6 mon-
oclonal antibody, localizes in the pollen tube apex and shank
PM, suggesting the presence of putative cortical MT nucleation
sites in this area (Cai et al., 1996). More recently, treatment
of elongating pollen tubes with plus-end-tracking MT-binding
GFP-AtEB1 fusion protein revealed short dynamic MTs in the
subapical region, up to 50-60 wm from the apex. These MTs
entered the apical dome and localized in the core cytoplasm
(Cheung et al., 2008). While undergoing changes in length, sub-
apical MTs stably associated with the cortex, as they remained
in approximately the same location over time (Cheung et al.,
2008).

In somatic cells, MT rearrangement is regulated by phos-
pholipase D (PLD), an enzyme that hydrolyzes structural phos-
pholipids to phosphatidic acid (PA; Pleskot et al., 2013). The
presence of PLD-dependent PA in the PM, due to salt-stress
activation of PLD, modulates the function of MT-interacting
protein MAP65 (Zhang et al., 2012) which stabilizes and bundles
MTs (Smertenko et al., 2004; Lucas et al., 2011). In tobacco pollen
tubes, PA localizes in the subapical region where dynamic MTs are
attached to the PM through direct interaction with members of
the PLDB/3 protein subfamily; on the contrary, PA is not present
in the tip where MTs enter the core cytoplasm (Potocky et al.,
2003).

In more distal areas, GFP-AtEB1-labeled cables are prevalently
along the cortex and appear immobile, suggesting that they rep-
resent a more stable MT population (Cheung et al., 2008).

The use of low concentrations of the MT-depolymerising
agent, Noc, which affects more dynamic MTs, showed that only
slow exocytosis in the central part of the tip is affected by per-
turbation of MTs (Idilli et al., 2013). With regard to endocytosis,
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FIGURE 1 | Model of microtubules (MT)-dependent exocytic/endocytic
pathways describing putative relationships between MTs, vesicles,
plasma membrane (PM), endosomes and Golgi/Trans Golgi Network
(G/TGN). Dynamic MTs are organized in short randomly oriented strands in
the shank and in the tip. More stable MTs form long, longitudinally oriented
bundles in the cortical region of the distal area. Distinct sites of exocytosis
and endocytosis occur in growing pollen tubes. The fast exocytosis (blue
vesicle) and the endocytosis (orange vesicle)/recycling in the shank are both
actin-dependent (blue and light blue arrows). The delivery toward the vacuole
(V) of material internalized in the shank is also actin-dependent and involves
both Golgi/TGN (light brown/brown compartments respectively) and (MVBs;
light green arrows). In the central domain of the tip, endocytosis, recycling
(red circle) and slow exocytosis (blue vesicle) are MT-dependent (plum, red,
and lilac arrows respectively). Tip localized processes (endocytosis,
exocytosis, and recycling) involve the clear zone, a compartment acting as an

Trans-Golgi Network/early endosome (TGN/EE) and positive to SCAMP1,
exocyst and Rab11/A4d (yellow vesicles). Most endocytic vesicles (orange
vesicle) are delivered from this putative TGN/EE compartment to a
MT-dependent degradation pathway which does not involve the Golgi
apparatus (green arrows). Kinesin could also play a role in organelle
movement, in maintaining the structure of Golgi stacks and in cell wall
deposition. These membrane compartments are involved in cell wall building
and modulation, in recycling/repositioning of proteins/lipids to maintain PM
polarity and in the crosstalk between pollen tube and pistil ECM. PA,
phosphatidic acid; PIP,, inositol 4,5-bisphosphate; DAG, diacyl glycerol; PME,
pectin methylesterases; PMEI, PME inhibitor; CSC, cellulose synthase
complex; CLS, cellulose-synthase-like proteins; CalS, Callose synthase; ECM
proteins, pistil-secreted extracellular matrix including stigma/stylar
cysteine-rich adhesin (SCA), C2 domain-containing protein (NaPCCP) and
S-RNase.

MT depolymerization inhibits PM internalization in the tip and
affects the sorting of tip-internalized vesicles (Figure 1).

In somatic plant cells, the TGN was identified as the early
endosome (EE), the first station from which internalized material
is sorted to the recycling or degradation pathway (Lam et al.,
2007; Viotti et al., 2010). This compartment is defined by the
presence of SCAMPs which belong to a group of transmembrane
proteins playing a role in vesicle trafficking between the Golgi
apparatus and PM in higher eukaryotic cells (Castle and Castle,
2005). SCAMP 1 and SCAMP 2 are localized in TGN/EEs (Lam
etal., 2007; Toyooka and Matsuoka, 2009) and SCAMP 1-positive

organelles are the first compartment reached by the endocytic
probes FM4-64 in plant somatic cells (Lam et al., 2007). In
lily pollen tubes, SCAMP1 is mainly concentrated in the apical
inverted-cone region, suggesting the presence of a compartment
acting as an TGN/EE in the clear zone (Figure 1; Wang et al.,
2010).

In tobacco pollen tubes, acidic vesicles concentrated in the
clear zone have been revealed by Lysosensor, confirming that at
least part of these vesicles could represent an EE-like compart-
ment (Moscatelli et al., 2007; Idilli et al., 2013). The movement
of newly tip-internalized vesicles is delayed in the acidic inverted
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cone region and vesicles assigned to the degradation pathway are
misallocated to the Golgi apparatus in the presence of Noc (Idilli
etal., 2013).

Thus, although mathematical models show that movement of
vesicles in the clear zone is governed by diffusion and advection
(Kroeger et al., 2009; Chebli et al., 2013b), MTs may represent
tracks for endocytic vesicles directed to the degradation pathway
or they could play a role in redistribution/recycling of PM compo-
nents among different membrane domains in order to maintain
functional districts in the apical PM. The analysis of structure
and dynamic properties of MTs in growing pollen tubes could
provide major evidence of the involvement of MTs in tip-focused
trafficking.

The exocyst is an important complex observed in the pollen
tube tip. It is an octameric protein complex (Sec3, Sec5, Sec6,
Sec8, Secl0, Secl5, Exo70, and Exo84) that plays different roles
in cell growth, morphogenesis and pathogen response and tethers
exocytic vesicles to the PM (Zarsky et al., 2009; Cvrckovi et al.,
2012; Fendrych et al., 2013). It localizes exocytic vesicles in specific
PM domains (Hala et al., 2008). Zarsky and colleagues propose
that in plant cells exocytosis occurs mostly in exo/endocytotically
active PM domains (activated cortical domain, ACD) in which
exocyst complex, Rop-GTPase and lipids define PM sites for
exocytosis (Zarsky et al., 2009; Synek et al., 2014).

It could be interesting to investigate whether short MT strands
in the tip and shank are involved in delivering vesicles to the
proper exocyst-primed PM sites. The mechanism of MT-based
transport could also be investigated: MTs may function as tracks
for vesicle movement or MT dynamics could be the driving force
of vesicles, as observed for CESA-containing vesicles during cell
wall assembly (Crowell et al., 2009; Gutierrez et al., 2009).

The altered dynamics of different exocyst subunits at the PM
after prolonged actin perturbation has been observed in Ara-
bidopsis thaliana somatic cells, and it was hypothesized to depend
on cooperation between actin filaments and MTs in defining
ACDs in the PM (Fendrych etal., 2013). In the pollen tube, studies
using actin filaments and MT depolymerizing drugs showed
that both cytoskeletal systems cooperate in regulating membrane
trafficking in the apex. However, the extent and mechanisms of
interaction still need to be investigated.

In somatic plant cells, exocyst complexes are also involved
in membrane recycling: in Arabidopsis root, the mutant of the
EXO70A1 (exo70A1) subunit showed defects in recycling PM
proteins such as PIN1 and PIN2 (Zdrsky et al., 2009, 2013; Zarsky
and Potocky, 2010; Drdova et al., 2013). Mutants of different
subunits of the exocyst complex also showed defective pollen ger-
mination and pollen tube growth. Interestingly, the components
of the complex colocalized in the tobacco pollen tube tip (Cole
et al., 2005; Hala et al., 2008) where a putative early-sorting com-
partment involved in apical membrane recycling was described
(Figure 1; Moscatelli et al., 2007; Idilli et al., 2013). Membrane
recycling is considered to be a mechanism that allows the polar-
ization of PM components to be maintained in the cell. It has been
hypothesized that recycling compartments/vesicles and ACDs
may be dynamic membrane compartments/superstructures called
recycling domain (RDs; Zarsky et al., 2009). Intriguingly, the
existence of multiple RDs in a single plant cell could imply the

presence of TGN/EE subtypes (Zdrsky et al., 2009) and it could
be interesting to investigate whether the EE-like compartment
observed in the clear zone, affected by MT depolymerising agents,
might belong to a RD involved in tip polarized growth.

MICROTUBULE MOTOR PROTEINS IN POLLEN TUBE GROWTH
Interaction between MTs and vesicles in the clear zone has been
supported by detection of a kinesin-like protein that associates
with these compartments aligned along apical MTs (Tiezzi et al.,
1992; Cai et al.,, 1993; Terasaka and Niitsu, 1994). Kinesins
are MT-based motor proteins which have been classified in 14
families with different roles in MT/organelle interaction. They
can move to the plus or minus end of MTs and play a role in
organelle movement, in maintaining the structure of Golgi stacks,
in formation of Golgi-derived vesicles, in cell wall deposition
and in cell division (Figure 1; for reviews, see Li et al., 2012;
Zhu and Dixit, 2012). In Corylus avellana pollen, a kinesin-like
protein has been associated with Golgi membranes and assumed
to mediate their binding to MTs (Figure 1; Liu et al., 1994). It
is hypothesized that MTs and kinesins are involved in the final
positioning of Golgi stacks following long range transportation
events mediated by the acto-myosin system (Romagnoli et al.,
2007). Recent in vitro motility assays show that organelles of the
microsomal fraction of tobacco pollen tubes move along MTs in
an ATP-dependent manner (Romagnoli et al., 2003). Organelle
movement occurs without cytosol and only in the presence of
ATP, suggesting that functional motor proteins are stably attached
to the organelle surface and that these proteins could be so far
unidentified kinesins (Romagnoli et al., 2003).

The role of kinesins in the tip growth seems to be evolution-
arily conserved in plants despite different models of elongation.
In Physcomitrella patens, KINID1 kinesin binds MT plus end
and controls MT dynamics in the apex of caulonemal cells. As
a consequence, KINID1 participates in maintaining a thick MT
bundle in the apex, thus promoting tip growth and regulating
growth direction (Hiwatashi et al., 2014). Kinesins also support
tip growth in root hairs and conifer pollen tubes, by deliver-
ing different cargoes along MTs to the elongating areas (Yang
et al., 2007; Lazzaro et al., 2013). Picea abies pollen, showed a
calmodulin-binding kinesin which accumulates in the elongating
tip and is involved in the functional interplay between MTs and
actin filaments (Lazzaro et al., 2013).

In tobacco pollen tubes, biochemical and molecular studies
also show the presence of dynein-related polypeptides, the major
minus-end-directed MT motor (Moscatelli et al., 1995; Scali
et al., 2003; Shanina et al., 2009). Dynein-related polypeptides
are present in the soluble fraction or associated with membranous
organelles/vesicles uniformly distributed in the pollen tube cyto-
plasm (Moscatelli et al., 1995, 1998). Nevertheless, the presence
of dyneins in higher plants is debated since dynein and dynactin
sequences have not been identified in the Arabidopsis genome
(Wickstead and Gull, 2007; Hammesfahr and Kollmar, 2012).

Growing pollen tubes in stiffened artificial media allowed to
dissect the role of the cytoskeleton in the mechanics of pollen
tube elongation: whereas actin filaments generate the force for
the style tissue penetration, MTs are involved in the control of the
growth direction (Gossot and Geitmann, 2007). The contribution
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of MTs in membrane trafficking at the tip and in repositioning of
signaling protein/lipids among different regions of the apical PM,
could confer to pollen tubes the ability to turn in the presence of
mechanical obstacles during the route toward the embryo sac.

The possible role of MTs in membrane trafficking implies
that they could be cytoplasmic determinants which modulate PM
protein/lipid remodeling, cell wall synthesis and composition, and
which contribute to signaling processes occurring during pollen
tube elongation into pistil tissues.

MICROTUBULES AND CELL WALL DEPOSITION

The composition of the cell wall and the spatial distribution of
its components are crucial for pollen tube shaping and growth
(Geitmann, 2010; Chebli et al., 2013a,b; Nezhad et al., 2013;
Bashline et al., 2014b). In plants, somatic cell shape is mainly
determined by the orientation of cellulose fibrils that constrain
cells to expand in certain directions. The chemical configuration
of pectins can also affect the mechanical properties of the cell
wall (Parre and Geitmann, 2005a; Palin and Geitmann, 2012).
During differentiation, plant cell volume increases considerably,
allowing cells to take their final shape. This process requires an
increase in cell surface area which occurs by secretion of cell wall
material and simultaneous insertion of new PM tracts. It has
also been hypothesized that besides being the driving force of
cell expansion, turgor pressure also provides the physical strength
to incorporate new cell wall material secreted by Golgi-derived
vesicles (Ray, 1992; Proseus and Boyer, 2005; Hepler et al., 2013).

PECTIN SECRETION

The chemical composition of pectins inserted into the cell wall
seems to influence cell expansion. In root meristem and the elon-
gation zone, cell growth is enabled by methyl-esterified pectins,
while non-growing cells (quiescent center) show de-esterified
pectins (Dolan et al., 1997). Pectins with a low degree of methyl
esterification can be crosslinked by Ca?* ions and this process
increases the rigidity of the cell wall matrix (Cosgrove, 2005).

In angiosperm pollen tubes, the tip area undergoes cell expan-
sion, while the shank and distal areas do not elongate. The dis-
tribution of cell wall components is consistent with this model of
polarized growth (Geitmann, 2010; Chebli et al., 2013a,b). Pollen
tube walls consist mainly of pectins which allow elongation at the
tip and stabilize pollen tube diameter in the distal region. The very
few cellulose microfibrils are mainly distributed in the sub-apex
(Schlupmann et al., 1994; Taylor et al., 2003). Otherwise, callose
is never observed in the tip but distributes in the sub-apical/distal
regions of growing pollen tubes (Ferguson et al., 1998; Fayant
et al., 2010; Cai et al., 2011; Chebli et al., 2012). The deposition
of new cell wall material occurs mostly at the pollen tube tip:
Golgi-derived vesicles containing highly methyl-esterified pectins
are delivered to the apical flanks (Figure 1). Pectins are secreted
together with pectin methylesterases (PMEs) which remove the
methyl groups, allowing pectin gelation and cell wall stiffening
(Willats et al., 2001). The activity of PMEs is in turn regulated by
a PME inhibitor (PMEI), cosecreted with PMEs (Figure 1; Rockel
et al., 2008). PMEI is observed in the tip and never in the shank
cell wall, suggesting that PMEI inhibits pectin de-esterification,
inducing local cell wall softening and allowing tip growth. On

the contrary, PME activity in the shank stiffens the cell wall and
prevents lateral cell expansion (Figure 1). The distribution of
de-esterified pectins is important for maintaining pollen tube
diameter and cylindrical shape. Studies performed in lily pollen
tubes support a mechanical model by which the change from a
high to a low degree of pectin methyl-esterification, occurring in
the transition region between apex and shank, is crucial for cell
shape determination (Parre and Geitmann, 2005a; Fayant et al,,
2010; Palin and Geitmann, 2012). Depolymerization of short
randomly-oriented MTs in the pollen tube tip by low concentra-
tions of Noc show that MTs play a role in the fine control of tube
diameter (Idilli et al., 2013). Nevertheless, how MTs are involved
in this process is not yet defined. It is possible to hypothesize that
MTs affect endo-exocytosis or recycling/repositioning processes
that could influence PME/PMEI function in the tip (Figure 1).
As reported above, MTs are involved in internalization events in
the tip and regulate slow exocytosis in the central area of the apex,
since presence of the MT depolymerising drug Noc inhibits endo-
cytosis and enhances secretion speed in this zone (Moscatelli et al.,
2012; Idilli et al., 2013). Alternatively or additionally, MTs could
control cell wall composition by modulating pectin deposition.
In Nicotiana tabacum, rings of de-esterified pectins are observed
along pollen tubes, coinciding with pulsed growth cycles (Derksen
et al., 2011). Analysis of tobacco pollen tubes by cryo-FESEM
and VEC-LM suggests that during pollen tube elongation, a high
rate of exocytosis in the apical flanks precedes a period of fast
growth and coincides with the formation of a thick wall. During
fast growth, this thick wall moves along the shank and a new
thin wall forms by exocytosis at the very tip. As a consequence,
ring-like areas consisting of thick de-esterified pectins alternate
with thin cell wall interband regions (Derksen et al., 2011). MTs
may therefore control pollen tube diameter by regulating pectin
secretion and pectin esterification status in the transition zone
between the apex and shank during pulsed growth.

CELLULOSE SYNTHASE PLASMA MEMBRANE TARGETING

Besides de-esterified pectins, control of pollen tube shape and
diameter has also been attributed to crystalline cellulose (Aouar
et al., 2010). Cellulose microfibrils are highly resistant to tensile
stress and determine the direction of cell expansion (Green, 1962).
In cylindrical pollen tubes, cellulose microfibrils are oriented in a
helical/longitudinal direction, nearly parallel to the longitudinal
axis of the cell (Aouar et al., 2010; Chebli et al., 2012). This
orientation does not control the direction of pollen tube elon-
gation as in somatic cells, but rather confers tensile resistance in
the transition areas between the tip and the cylindrical shaped
regions maintaining, together with pectins, tube diameter and
shape (Aouar et al., 2010; Chebli et al., 2012). Furthermore, the
longitudinal microfibril arrangement sustains the pollen tube
during its journey through the style transmitting tissue to the
ovules (Geitmann, 2010; Chebli et al., 2012).

In somatic plant cells, co-localisation of CESA proteins and
MTs suggest that MTs and CESA interact functionally: MTs play
a role in CSC positioning in the PM and in stabilizing their
movement during microfibril synthesis (Paredez et al., 2006). In
tobacco pollen tubes, cellulose microfibrils orient in the same
direction as cortical MTs in the sub-apical region and CSCs also
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partially align with MTs (Cai et al., 2011, 2014). However, failure
to visualize MTs in live pollen tubes (Idilli et al., 2013) means that
data on the direct physical interaction between CSC and MTs is
not yet available. Nevertheless, it is possible to suppose that in
pollen tubes, MTs could have a role in positioning CSCs in specific
PM domains, as observed in somatic cells (Crowell et al., 2009;
Gutierrez et al., 2009).

In Arabidopsis and tobacco, CESA-containing vesicles are
secreted in the apical flanks of pollen tubes and CSCs are observed
in shank and tip PM (Figure 1; Cai et al., 2011; Chebli et al.,
2012). In Arabidopsis, CSCs are activated in secretory vesicles
prior to their insertion into the PM. Cellulose has been observed
in the tip of lily and Arabidopsis pollen tubes, where it may confer
additional reinforcement (Fayant et al., 2010; Chebli et al., 2012).
In tobacco, although CESA proteins is reported in the apical
dome (Cai et al., 2011), crystalline cellulose is observed 5-15 pm
behind the tip (Ferguson et al., 1998), suggesting that cellulose is
deposited in the apex in a disorganized way and therefore does
not determine the direction of growth (Guerriero et al., 2014).
Immunolocalization experiments show that CESA is also present
in the inverted cone region (Cai et al., 2011) where exocytic and
endocytic vesicles localize (Figure 1). As reported, it is hypoth-
esized that the clear zone represents a sorting station involved
in repositioning and recycling PM proteins/lipids and in deliv-
ering apically internalized materials through the MT-dependent
degradation pathway (Idilli et al., 2013). In somatic cells, CESA
is observed in small vesicles which exhibit erratic movements and
localize immediately behind the PM (Paredez et al., 2006). These
compartments, small CESA compartments, SmaCCSs (Gutierrez
et al., 2009), or MT-associated CESA compartments, MASCs
(Crowell et al., 2009; Wightman and Turner, 2010) are associated
with MTs and are interpreted as delivery compartments formed
before their fusion to the PM (Gutierrez et al., 2009) or as
intracellular stores of internalized CESA proteins (Crowell et al.,
2009). In pollen tubes, cellulose synthesis is achieved differently in
shank and tip, since microfibrils seem organized in the subapical
region and disorganized in the tip, responding to the mechanical
properties of different tube areas (Cai et al., 2011; Guerriero
et al., 2014). In pollen tubes as in somatic cells, CESA activity
is also regulated by internalization processes occurring in the
shank and tip (Chebli et al., 2012). Mutation of the dynamin-
related proteins AtDRP1A and OsDRP2B suggests that clathrin-
dependent endocytosis (CDE) plays a role in cellulose biosyn-
thesis (Collings et al., 2008; Xiong et al., 2010). Furthermore,
CESA seems to be functionally associated with 2, a subunit of
an AP2 (adaptor protein complex 2) involved in the recruitment
of CDE cargoes and proteins of the CDE machinery (Rohde et al.,
2002; Bashline et al., 2013; Kim et al., 2013). Interaction between
i2-adaptin and CESA suggests that CSCs are internalized by
CDE (Bashline et al., 2013, 2014a). In pollen tubes, CDE occurs
in apical and sub-apical regions in MT-dependent and actin-
dependent manners, respectively (Moscatelli et al., 2007; Idilli
etal., 2012, 2013; Onelli and Moscatelli, 2013). We speculate that
MTs play a role in the internalization and recycling/repositioning
of CSCs in the tip by affecting endocytosis and exocytosis. In
tobacco pollen tubes, recycling/repositioning of PM components
in the tip appears to depend on the more dynamic MTs observed

in this area (Idilli et al., 2012, 2013). It is interesting to note
that SmaCCSs/MASCs are associated with cortical MTs in somatic
cells and that movements of these compartments coincide with
MT-depolymerizing ends (Crowell et al., 2009; Gutierrez et al,,
2009). Thus, CSC regulation/movement in the pollen tube apex
could depend on MT dynamics.

In somatic cells, internalized vesicles are recycled by VHA-al
compartments (TGN; Dettmer et al., 2006; Crowell et al., 2009).
In the pollen tube, CSC recycling and repositioning might involve
CESA-containing vesicles of the inverted cone region, further
supporting the idea that they are a crucial sorting compartment
which may function as a TGN/EE (Figure 1; Viotti et al., 2010;
Cai et al., 2011; Moscatelli et al., 2012; Idilli et al., 2013). To
complicate the puzzle, several cellulose-synthase-like proteins
(CLS), differently involved in cell wall polysaccharide synthesis,
have been identified (Yin et al, 2009). Among these, CSLD1
and CSLD4 were identified in Arabidopsis pollen tubes and show
polar localization in the tip PM. These proteins are predominantly
expressed in tip-growing cells, in which low levels of CESA are
detected, suggesting that CSLDs may be involved in the synthesis
of cellulose in the tip region of the pollen tube (Wang et al.,
2011). Their localization in the tip together with the role of MTs
in tip membrane trafficking suggest that MTs may play a role in
restricting these proteins to specific PM domains (Figure 1).

An additional or alternative role of MTs in defining cell wall
composition may be the modulation of cellulose crystallinity in
the pollen tube apex. Cell wall resistance to tensile forces and
thus the direction of cell expansion appear to depend on the
degree of cellulose crystallinity and microfibril length (Wasteneys
and Fujita, 2006; Fujita et al., 2011, 2012). MT disruption in
AT2G35630 MICROTUBULE ORGANIZATION 1 mutant (mor-
1) alters CSC velocity and cellulose crystallinity, affecting the
mechanical properties of the cell wall (Kawamura et al., 2006;
Kawamura and Wasteneys, 2008; Fujita et al., 2011). Furthermore,
in the tip the presence of short MT strands in the core cyto-
plasm produce short and mechanically weak microfibrils, result-
ing in loss of anisotropic expansion (Wasteneys, 2004). Short and
dynamic MTs in the pollen tube apex, may modulate CSC or
CLS activity or their long residence in the PM, thus affecting
the structure of cellulose microfibrils in the tip and pollen tube
elongation.

MEMBRANE MICRODOMAINS AS DETERMINANTS OF CELLULOSE
SYNTHASE ACTIVITY

An intriguing hypothesis suggests that cortical MTs influence PM
lipid composition and fluidity. Dynamic MTs also define specific
PM domains which in turn affect CSC activity and movement
(Emons et al., 1992; Fujita et al., 2012). Asymmetrical PM lipid
composition has an important role in polarized pollen tube
growth. For example, PA accumulates in the subapical PM in
growing pollen tubes (Potocky et al., 2003, 2014). The PA is impli-
cated in regulating CDE, inducing PM curvature by changing PM
lipid geometry (Pleskot et al., 2012; Potocky et al., 2014). In the
apical flank, PA localization merge with lipids involved in signal
transduction, such as diacyl glycerol (DAG) and phosphatidyl
inositol 4,5-bisphosphate (PIP,; Potocky et al., 2014). Unlike PA,
PIP, accumulates in the tip (Kost et al., 1999) and is restricted
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in this area by the activity of phospholipase C localized behind
the apex (Dowd et al., 2006; Helling et al., 2006). PIP, plays a
role in exocytosis and endocytosis at the tip (Kost et al., 1999;
Zhao et al., 2010). Hydrolysis of PIP, results in formation of
1,4,5-triphosphate (IP3) and DAG which is endocytosed and
recycled to maintain its symmetrical distribution in the tube
tip. These lipids are also involved in secretion, in establishing
the Ca?* gradient and in regulating Ca’*-dependent signaling
(Monteiro et al., 2005). Phosphorylation of DAG by diacylglycerol
kinase (DGK) forms PA which plays a critical role as signaling
molecule in the regulation of tip growing pollen tubes (Pleskot
et al., 2012). Phosphoinositides, DAG and PA can represent
sites for the targeting of effector proteins to specific membrane
domains or for modulating membrane curvature (Pokotylo et al.,
2013).

Intriguingly, in root hairs PIP, overlaps with a sterol-enriched
PM platform that delimits the tip (Ovecka et al., 2010). In
animal cells and in somatic plant cells, specific PM domains,
called membrane rafts, are enriched in sterols, sphingolipids and
highly saturated phospholipids and seem to interact with AFs
and MTs (Zambito and Wolff, 1997, 2001; Mongrand et al.,
2004; Borner et al., 2005; Lefebvre et al., 2007; Dinic et al.,
2013). Rafts or detergent-resistant membranes (DRMs) recruit
specific sets of proteins and may restrict cell processes in specific
PM domains (Schroeder et al., 1994; Brown and London, 1997;
Mongrand et al.,, 2004; Borner et al., 2005; Laloi et al., 2007;
Lefebvre et al., 2007; Cacas et al., 2012; Muiiz and Zurzolo, 2014).
The involvement of membrane microdomains in pollen tubes
was defined in the gymnosperm Picea meyeri (Liu et al., 2009).
The use of filipin and live cell imaging by di-4-ANEPPDHQ
showed that sterol-enriched microdomains were polarized in the
growing tip. Disruption of membrane microdomain polarization
dissipates the Ca?T gradient and attenuates production of tip-
based NADPH oxidase (NOX)-dependent reactive oxygen species
(ROS; Liu et al., 2009). The involvement of lipid microdomains
rich in sterols and sphingolipids in angiosperm pollen tubes still
need to be investigated.

Several mutants in sterol biosynthesis showed that cellulose
formation depends on the presence of sterols in the PM (Schrick
et al., 2004, 2012). In hybrid aspen and tobacco somatic cells,
CESA occurs in DRMs and 85% of the CESA catalytic sub-
unit segregates in the DRM fractions (Colombani et al., 2004;
Bessueille et al., 2009). It has also been proposed that sterols in
DRMs provide a primer for cellulose biosynthesis (Peng et al.,
2002) or a scaffold to ensure the proper structural conforma-
tion of CESA and to stabilize CSCs (Schrick et al., 2012). In
pollen tubes, DRMs containing actin and tubulin, together with
proteins involved in membrane trafficking, have been identified
(Moscatelli et al., 2015, paper in press). Further functional studies
are necessary to elucidate the role of membrane microdomains
in exo-endocytosis and in cytoskeleton dynamics. CSCs may
interact with cortical MTs and lipids in specific PM domains to
regulate polarized growth. Another piece of this puzzle is iden-
tification of proteins representing a possible link between CESA
and MTs. One of these proteins is a glycosyl-phosphatidyl inositol
(GPI)-anchored protein COBRA which is involved in controlling
anisotropic expansion. GPI-anchored proteins usually contribute

to raft platform stability (Schroeder et al., 1994; Paladino et al.,
2004; Paulick and Bertozzi, 2008) and could be required for
cell wall synthesis (Gillmor et al., 2005). Specifically, in somatic
plant cells, COBRA affects cellulose microfibril orientation and
crystallization in a MT-dependent manner (Li et al., 2003; Brown
et al., 2005; Roudier et al., 2005; Wasteneys and Fujita, 2006; Liu
etal., 2013). In Arabidopsis pollen tubes, COBRA_LIKE10 protein
(COBLI10) is localized in the apex PM and pectin and cellulose
deposition are affected in cobl10. It is hypothesized that COBL10
could regulate the clustering of lipid rafts at the very tip of pollen
tubes (Li et al., 2013).

Cellulose synthase interactive proteins (CSI1 and CSC3)
are other factors playing a role in cellulose biosynthesis and
anisotropic cell expansion in somatic cells (Gu et al., 2010; Gu and
Somerville, 2010; Lei et al., 2013). CSI1 co-localizes with CSCs
and moves along cortical MTs, suggesting a role in alignment
of CSC trajectories and MTs (Gu et al., 2010; Li et al., 2011;
Lei et al., 2012, 2013). Putative lipid-binding activity in the C2
domain of CSI1 suggests that this protein may act as a scaffold
for CSCs, MTs and lipid rafts (Lei et al., 2014). Altogether, the
various evidence supports the idea that MTs play a major role in
cell wall modulation, particularly in the pollen tube apical dome,
and opens new perspectives on the role of lipids and PM domains
in rapid polarized cell growth.

CALLOSE DEPOSITION

Beside pectins and cellulose microfibrils, callose also occurs in
large amounts in pollen tube cell walls. Unlike cellulose, which
plays an important mechanical role in the transition region
between the hemispherical apex and the cylindrical shank (Parre
and Geitmann, 2005b; Aouar et al., 2010), callose stabilizes and
reinforces the cylindrical sub-apical region of pollen tubes (Parre
and Geitmann, 2005b; Cai et al., 2011; Chebli et al., 2012). Callose
deposition occurs in the shank and the plugs that isolate the
growing apical cytoplasmic region from old distal vacuolated
areas (Cresti and van Went, 1976; Carpita and Gibeaut, 1993;
Ferguson et al., 1998). Callose has not been detected in the tip
(Ferguson et al., 1998; Cai et al., 2011; Chebli et al., 2012).
The application of mechanical stress to pollen tubes showed that
callose is important for resistance to circumferential tensile stress
(Parre and Geitmann, 2005b). Callose synthase (CalS) is a large,
PM-localized complex secreted in the apical flanks by Golgi-
derived vesicles and distributing in the apical and distal regions
(Figure 1; Brownfield et al., 2007, 2008; Cai et al., 2011; Chebli
et al., 2012). Immunofluorescence analysis and drugs affecting
MT dynamics have shown that MTs are important for proper
deposition of callose in the plugs and for insertion of CalS in the
distal PM (Cai et al., 2011); otherwise MTs do not affect delivery
and secretion of CalS in the apex (Cai et al., 2011).

Besides cellulose biosynthesis, lipid rafts also appear to be
involved in callose formation in somatic cells. Detection of callose
activity in isolated DRMs and biochemical characterization of
glucans synthesized in vitro by DRMs confirm the occurrence of
callose and CESAs in DRMs (Colombani et al., 2004; Bessueille
et al., 2009; Morel et al., 2006). The presence of CalS in the pollen
tube tip (Cai et al., 2011) where callose is absent intriguingly
suggests that CalS activity could be controlled by the retrieval

www.frontiersin.org

February 2015 | Volume 6 | Article 51 | 7


http://www.frontiersin.org
http://www.frontiersin.org/Plant_Cell_Biology/archive

Onelli et al.

Microtubules and pollen tube growth

of the enzyme from the apical PM to be repositioned in the
shank and that MTs could be involved in this process. Even
if CalS has not been identified in tobacco pollen tube mem-
brane microdomains (Moscatelli et al., 2015), further studies
could better characterize DRM-proteins and investigate the role
of MTs in functional relationships between membrane rafts,
membrane trafficking and cell wall composition in polarized
growth.

MICROTUBULES AND POLLEN TUBE/PISTIL INTERACTION

Appropriate pollen tube growth plays a key role in conveying
sperm cells to the embryo sac for double fertilization. Pollen
landing on the pistil interacts with stigma papillae for adhe-
sion, hydration and germination. Pollen tubes then travel in the
transmitting tissue of the style, grow along the funiculus and
finally enter the embryo sac through the micropyle. Pollen tube
reception includes tip bursting and degeneration of synergids
to allow sperm discharge and double fertilization (Palanivelu
and Tsukamoto, 2012; Dresselhaus and Franklin-Tong, 2013).
During their journey to the ovule, crosstalk between the male
gametophyte and molecules of the pistil-secreted extracellular
matrix (ECM) occurs to support, attract and guide pollen tubes
(Higashiyama et al., 2003; Higashiyama, 2010; Takeuchi and
Higashiyama, 2011; Palanivelu and Tsukamoto, 2012; Dresselhaus
and Franklin-Tong, 2013; Guan et al., 2013). These interactions
facilitate or prevent pollen tube elongation, inducing changes
in the gene expression pattern in different stages of the pollen
tube journey, both in the male gametophyte and in the female
tissues (Wang et al., 2008; Qin et al., 2009; Boavida et al., 2011;
Leydon et al, 2014). Little data is available on pollen tube
cytoplasmic targets of crosstalk with the pistil ECM. Neverthe-
less, the function of endomembrane trafficking in internalization
and processing style proteins and the emerging role of MTs in
endo- and exocytosis (Idilli et al., 2013) open new perspectives
regarding the contribution of the cytoskeleton to pollen-pistil
interactions.

INTERACTIONS PROMOTING POLLEN TUBE GROWTH

Microtubules may possibly be involved in adhesion to
transmitting-tissue ECM. Adhesion is the first event occurring
on the stigma, where it involves recognition processes and also
plays a role in guiding the pollen tube toward the ovary (Lord,
2003; Kim et al., 2004). In lily this interaction is mediated by
pectins and a stigma/stylar cysteine-rich adhesin (SCA) secreted
in the ECM (Mollet et al., 2000; Park et al., 2000; Chae et al.,
2007). The action of SCA in pollen tube adhesion and guidance
involves interaction with the pollen tube surface and also a more
intimate relation. In fact, while SCA functions as an adhesive
matrix in the region behind the tip, in the tip region it binds the
PM and is endocytosed and delivered to vacuoles, suggesting that
it plays a role in pollen tube growth signaling (Ravindran et al,,
2005; Kim et al., 2006). Interestingly, SCA is internalized by CDE
and sorted to vacuoles without Golgi involvement (Kim et al.,
2006). The same pattern has been observed for negative-charged
nanogold (Ng™) internalization in the tobacco pollen tube tip
by CDE (Moscatelli et al., 2007). Depolymerization of more
dynamic MTs in the apex of pollen tubes by low concentrations of

Noc affects Ng™ internalization and conveyance to degradation
pathways (Idilli et al., 2013). Thus, MTs could be involved in
these processes, also playing a role in signaling pathways induced
by SCA protein (Figure 1).

Among the ECM proteins involved in crosstalk between pollen
tubes and the pistil, arabinogalactan proteins (AGPs) play a key
role both in positive and negative interactions (Castro et al.,
2013; El-Tantawy et al., 2013; Losada and Herrero, 2014; Pereira
et al., 2014). AGPs comprise the C2 domain-containing protein
(NaPCCP) which is a transmitting tract-specific glycoprotein of
Nicotiana alata, involved in uptake and transport of proteins from
the pistil ECM to the pollen tube (Lee et al., 2009). NaPCCP
has a C2 domain that binds phosphatidylinositol 3-phosphate
(PI3P), which is a component of endosomes and multivesicular
bodies (MVBs). PI3P is transformed into PI(3,5)P, during the
transition from EEs to MVBs (Zonia and Munnik, 2004). Since
NaPCCP is observed in vacuole-like compartments, this protein
may conceivably be involved in the internalization and processing
of ECM molecules. Moreover, as MTs play a role in sorting inter-
nalized material to the degradation pathway (Idilli et al., 2013), it
might be worth investigating whether NaPCCP-containing com-
partments interact with MTs during internalization and en route
to vacuoles (Figure 1).

INCOMPATIBILITY SYSTEMS

Extracellular matrix also includes secreted proteins involved in the
recognition and rejection of self-pollen (Cheung and Wu, 2001;
Higashiyama et al., 2001; Cheung et al., 2010; Higashiyama, 2010;
Kumar and McClure, 2010; Chae and Lord, 2011; Dresselhaus
and Franklin-Tong, 2013; Maruyama et al., 2013; Denninger et al.,
2014; Losada and Herrero, 2014). The self-incompatibility system
(SI) allows self-recognition and rejection of incompatible pollen.
Angiosperms have evolved various SI mechanisms, which can
be classified into two fundamentally different systems depending
on taxonomy: gametophytic and sporophytic SI, GSI, and SSI
respectively (Iwano and Takayama, 2012). SI is specified by S-
determinant genes at a highly polymorphic, multi-allelic S-locus.
In GSI, the SI phenotype is determined by the haploid genotype
of the pollen (male gametophyte) and the pollen is incompatible
when its S-determinant matches one of the two S-determinants
expressed in the diploid pistil. In SSI, the SI phenotype of
pollen is determined by the genotype of the diploid sporophyte
(tapetum cells of anthers) and pollen is incompatible when both
the S-determinants on the pollen surface match both pistil S-
determinants. In different plant families, rejection mechanisms of
incompatible pollen occur in different ways in the SSI and GSI
systems (McClure and Franklin-Tong, 2006).

Evidence of involvement of pollen MTs in GSI has been
observed in Papaver and in S-RNase-based GSI systems. In
Papaver, the interaction between pollen and pistil S-determinants
causes a rapid Ca?" influx which triggers a Ca?"-dependent
signaling cascade, inducing actin depolymerization and rapid
inhibition of tube growth (Snowman et al., 2002; Huang et al.,
2004; Wheeler et al., 2009, 2010; Poulter et al., 2010, 2011).
Disorganization of the actin cytoskeleton in turn induces MT
depolymerization, leading to programmed cell death (Poulter
et al., 2008).
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In S-RNase-based GSI systems, MTs are not only a target, as
in Papaver SI, but they also participate actively in the GSI process
(Meng et al., 2014). In this system, the pistil S-determinant gene
encodes a glycoprotein with RNase activity (S-RNase) which is
secreted in the ECM (McClure et al., 1989). This S-RNase enters
the pollen tube cytoplasm where it causes degradation of RNA,
arresting pollen tube growth (McClure et al., 1990). In Petunia
and Antirrhinum, during compatible pollination, the non-self
interaction leads to S-RNase ubiquitylation and degradation by
the 26S proteasome (Zhang et al., 2009), whereas in incom-
patible pollination, the self-interaction does not cause S-RNase
degradation and S-RNase affects the pollen tube gene expression
program (Qiao et al., 2004; Sijacic et al., 2004; McClure and
Franklin-Tong, 2006). An alternative model proposes that the
endomembrane system plays a pivotal role in S-RNase-based
GSIL In Nicotiana S-RNases are endocytosed both in self and
non-self pollen tubes and delivered to vacuoles (Goldraij et al.,
2006). Later, S-RNases remain compartmentalized in compati-
ble pollinations while they are released into the cytoplasm by
vacuole breakage in incompatible systems. Released S-RNases
digest cytoplasmic RNA, causing pollen rejection (Goldraij et al.,
2006).

In apple, recent in vitro experiments show that S-RNases are
internalized and delivered to vacuoles by Golgi-derived vesicles
(Meng et al., 2014). The S-RNases first accumulate in membra-
nous compartments and are later released into the cytoplasm
where they disrupt MTs, suggesting that MTs are targets of S-
RNase-based GSI, as observed in Papaver. Interestingly, the effects
of MT-depolymerising drugs or drugs affecting MT dynamics
suggest that MTs also play a role in endocytosis of S-RNases: MT
perturbation delays S-RNase internalization and allows incom-
patible pollen to grow (Meng et al., 2014). A delay in internal-
ization is also observed when Noc is used on tobacco pollen tube
tips (Idilli et al., 2013). It is postulated that tubulin polymerization
facilitates PM invagination in the pollen tube tip and perturbation
of MT dynamics affects internalization processes (Idilli et al.,
2013). MTs may be involved in mediating internalization of
factors acting in S-RNase-based GSI (Figure 1) or, more generally,
in signaling patterns allowing crosstalk between pollen and pistil
ECM during pollination processes.

CONCLUSION

The involvement of M Ts in organelle trafficking, endo-exocytosis,
signaling and cell wall construction in pollen tubes remains
elusive. Recent data supports a role of MTs in polarized growth
together with new evidence of a correlation between endocytosis
and exocytosis in the pollen tube apex. The emerging picture
supports the idea that MTs are involved in vesicle trafficking
leading to degradation pathways and in the fine delivery and
recycling of proteins/lipids to specific membrane domains. This is
an important feature since the proper distribution of enzymes and
receptors in the PM and the spatially controlled allocation of cell
wall components are essential for maintaining polarized growth
and for regulating the direction of growth in style transmitting
tissue.

The use of drugs affecting MT dynamics and specific probes
for exo- and endocytosis has made it possible to describe

MT-dependent pathways in pollen tubes. These pathways merge
with those followed by proteins/lipids involved in tube elongation
(PIP,, CESA, and SCA, as described above). These studies provide
material for speculation about the role of MTs in pollen tube
polarized growth and in crosstalk with style molecules, highlight-
ing new research cues.

Furthermore, studies on involvement of the cytoskeleton in
polarized growth have highlighted the close interaction between
MTs and actin filaments (Zarsky et al., 2009; Idilli et al., 2012;
Synek et al., 2014). It can be argued that it is extremely difficult
to ascribe specific roles to actin filaments or to MTs since their
functions appear to be closely linked.

In somatic cells, some plant formins, which are key regulators
of actin filament nucleation, also interact with MTs, suggesting
that they may function to connect MTs and microfilaments in
different cell processes (Deeks et al., 2010; Li et al., 2010; Bar-
tolini and Gundersen, 2010; Wang et al., 2012a,b; Rosero et al.,
2013; Breitsprecher and Goode, 2013; Qin et al., 2014). Besides
formins, other proteins, as Protein 25 and the metabolic proteins
homocysteine methyltransferase, phosphofructokinase, pyruvate
decarboxylase, and glucan protein synthase, seem to act both on
MTs and actin filaments, regulating their dynamics and functions
(Ishizaki et al., 2001; Romagnoli et al., 2010), and also need to be
investigated in pollen tubes.

REFERENCES

Ambrose, C., Allard, J. E, Cytrynbaum, E. N., and Wasteneys, G. O. (2011).
A CLASP-modulated cell edge barrier mechanism drives cell-wide cortical
microtubule organization in Arabidopsis. Nat. Commun. 2, 430. doi: 10.1038/
ncomms1444

Ambrose, C., Ruan, Y., Gardiner, J., Tamblyn, L. M., Catching, A., Kirik, V., et al.
(2013). CLASP interacts with sorting nexin 1 to link microtubules and auxin
transport via PIN2 recycling in Arabidopsis thaliana. Dev. Cell 24, 649-659. doi:
10.1016/j.devcel.2013.02.007

Aouar, L., Chebli, Y., and Geitmann, A. (2010). Morphogenesis of complex plant
cell shapes: the mechanical role of crystalline cellulose in growing pollen tubes.
Sex. Plant Reprod. 23, 15-27. doi: 10.1007/s00497-009-0110-7

Bartolini, F.,, and Gundersen, G. G. (2010). Formins and microtubules. Biochim.
Biophys. Acta 1803, 164—173. doi: 10.1016/j.bbamcr.2009.07.006

Bashline, L., Li, S., and Gu, Y. (2014a). The trafficking of the cellulose synthase
complex in higher plants. Ann. Bot. 4, 1059-1067. doi: 10.1093/aob/mcu040

Bashline, L., Lei, L., Li, S., and Gu, Y. (2014b). Cell wall, cytoskeleton, and cell
expansion in higher plants. Mol. Plant 7, 586—600. doi: 10.1093/mp/ssu018

Bashline, L., Li, S., Anderson, C. T., Lei, L., and Gu, Y. (2013). The endocytosis
of cellulose synthase in Arabidopsis is dependent on 2, a clathrin-mediated
endocytosis adaptin. Plant Physiol. 163, 150-160. doi: 10.1104/pp.113.221234

Bessueille, L., Sindt, N., Guichardant, M., Djerbi, S., Teeri, T. T., and Bulone, V.
(2009). Plasma membrane microdomains from hybrid aspen cells are involved
in cell wall polysaccharide biosynthesis. Biochem. J. 420, 93-103. doi: 10.1042/
BJ20082117

Boavida, L. C., Borges, E,, Becker, J. D., and Feijo, J. A. (2011). Whole genome analy-
sis of gene expression reveals coordinated activation of signalling and metabolic
pathways during pollen-pistil interactions in Arabidopsis. Plant Physiol. 155,
2066-2080. doi: 10.1104/pp.110.169813

Borner, G. H. H., Sherrier, D. J., Weimar, T., Michaelson, L. V., Hawkins, N. D.,
MacAskill, A., et al. (2005). Analysis of detergent-resistant membranes in
Arabidopsis. Evidence for plasma membrane lipid rafts. Plant Physiol. 137, 104—
116. doi: 10.1104/pp.104.053041

Brandizzi, F, and Wasteneys, G. O. (2013). Cytoskeleton-dependent endomem-
brane organization in plant cells: an emerging role for microtubules. Plant J. 75,
339-349. doi: 10.1111/tp;j.12227

Breitsprecher, D., and Goode, B. L. (2013). Formins at a glance. J. Cell Sci. 126, 1-7.
doi: 10.1242/jcs.107250

www.frontiersin.org

February 2015 | Volume 6 | Article 51 | 9


http://www.frontiersin.org
http://www.frontiersin.org/Plant_Cell_Biology/archive

Onelli et al.

Microtubules and pollen tube growth

Brown, D., and London, E. (1997). Structure of detergent-resistant membrane
domains: does phase separation occur in biological membranes? Biochem.
Biophys. Res. Commun. 240, 1-7. doi: 10.1006/bbrc.1997.7575

Brown, D. M., Zeef, L. A. H., Ellis, J., Goodacre, R., and Turner, S. R. (2005).
Identification of novel genes in Arabidopsis involved in secondary cell wall
formation using expression profiling and reverse genetics. Plant Cell 17, 2281—
2295. doi: 10.1105/tpc.105.031542

Brownfield, L., Ford, K., Doblin, M. S., Newbigin, E., Read, S., and Bacic, A. (2007).
Proteomic and biochemical evidence links the callose synthase in Nicotiana alata
pollen tubes to the product of the NaGSL1 gene. Plant J. 52, 147-156. doi:
10.1111/j.1365-313X.2007.03219.x

Brownfield, L., Wilson, S., Newbigin, E., Bacic, A., and Read, S. (2008). Molec-
ular control of the glucan synthase-like protein NaGSL1 and callose synthesis
during growth of Nicotiana alata pollen tubes. Biochem. ]. 414, 43-52. doi:
10.1042/BJ20080693

Cacas, J. L., Furt, F, Le Guedard, M., Schmitter, J. M., Buré, C., Gerbeau-Pissot, P.,
et al. (2012). Lipids of plant membrane rafts. Prog. Lipid Res. 51, 272-299. doi:
10.1016/j.plipres.2012.04.001

Cai, G., Bartalesi, A., Del Casino, C., Moscatelli, A., Tiezzi, A., and Cresti, M. (1993).
The kinesin-immunoreactive homolog from Nicotiana tabacum pollen tubes:
biochemical-properties and subcellular-localization. Planta 191, 496-506. doi:
10.1007/BF00195751

Cai, G., and Cresti, M. (2012). Are kinesins required for organelle trafficking in
plant cells? Front. Plant Sci. 3:170. doi: 10.3389/fpls.2012.00170

Cai, G., Faleri, C., Del Casino, C., Emons, A. M. C., and Cresti, M. (2011).
Distribution of callose synthase, cellulose synthase, and sucrose synthase
in tabacco pollen tube is controlled in dissimilar ways by actin fila-
ments and microtubules. Plant Physiol. 155, 1169-1190. doi: 10.1104/pp.110.
171371

Cai, G., Moscatelli, A., DelCasino, C., Chevrier, V., Mazzi, M., Tiezzi, A., et al.
(1996). The anti-centrosome monoclonal antibody 6C6 reacts with a plasma
membrane-associated polypeptide of 77 kDa from Nicotiana tabacum pollen
tubes. Protoplasma 190, 68-78. doi: 10.1007/BF01281195

Cai, G., Parrotta, L., and Cresti, M. (2014). Organelle trafficking, the cytoskeleton,
and pollen tube growth. J. Integr. Plant Biol. 57, 63-78. doi: 10.1111/jipb.
12289

Cai, G., Romagnoli, S., Moscatelli, A., Ovidi, E., Gambellini, G., Tiezzi, A., et al.
(2000). Identification and characterization of a novel microtubule-based motor
associated with membranous organelles in tobacco pollen tubes. Plant Cell 12,
1719-1736. doi: 10.1105/tpc.12.9.1719

Carpita, N., and Gibeaut, D. (1993). Structural models of primary cell walls
in flowering plants: consistency of molecular structure with the physical
properties of the wall during growth. Plant J. 3, 1-30. doi: 10.1111/j.1365-
313X.1993.tb00007.x

Castle, A., and Castle, D. (2005). Ubiquitously expressed secretory carrier mem-
brane proteins (SCAMPs) 1-4 mark different pathways and exhibit limited
constitutive trafficking to and from the cell surface. J. Cell Sci. 118, 3769-3780.
doi: 10.1242/jcs.02503

Castro, A. J., Sudrez, C., Zienkiewicz, K., Alché Jde, D., Zienkiewicz, A., and
Rodriguez-Garcia, M. 1. (2013). Electrophoretic profiling and immunocyto-
chemical detection of pectins and arabinogalactan proteins in olive pollen dur-
ing germination and pollen tube growth. Ann. Bot. 112, 503-513. doi: 10.1093/
aob/mct118

Chae, K., and Lord, E. M. (2011). Pollen tube growth and guidance: roles of small,
secreted proteins. Ann. Bot. 108, 627-636. doi: 10.1093/aob/mcr015

Chae, K., Zhang, K., Zhang, L., Morikis, D., Kim, S. T., Mollet, J. C,, et al.
(2007). Two SCA (stigma/style cysteine-rich adhesin) isoforms show structural
differences that correlate with their levels of in vitro pollen tube adhesion
activity. J. Biol. Chem. 282, 33845-33858. doi: 10.1074/jbc.M703997200

Chebli, Y., Kaneda, M., Zerzour, R., and Geitmann, A. (2012). The cell wall of
the Arabidopsis pollen tube-spatial distribution, recycling and network forma-
tion of polysaccharides. Plant Physiol. 160, 1940-1955. doi: 10.1104/pp.112.
199729

Chebli, Y., Kroeger, J., and Geitmann, A. (2013a). Transport logistics in pollen
tubes. Mol. Plant 6, 1037-1052. doi: 10.1093/mp/sst073

Chebli, Y., Pujol, L., Shojaeifard, A., Brouwer, L., van Loon, J. J., and Geitmann, A.
(2013b). Cell wall assembly and intracellular trafficking in plant cells are directly
affected by changes in the magnitude of gravitational acceleration. PLoS ONE
8:e58246. doi: 10.1371/journal.pone.0058246

Cheung, A. Y., Boavida, L. C., Aggarwal, M., Wu, H. M., and Feij6, J. A. (2010). The
pollen tube journey in the pistil and imaging the in vivo process by two-photon
microscopy. J. Exp. Bot. 61, 1907-1915. doi: 10.1093/jxb/erq062

Cheung, A. Y., Duan, Q. H., Costa, S. S., de Graaf, B. H., Di Stilio, V. S., Feijo, J.,
et al. (2008). The dynamic pollen tube cytoskeleton: live cell studies using actin-
binding and microtubule-binding reporter proteins. Mol. Plant 1, 686—702. doi:
10.1093/mp/ssn026

Cheung, A. Y., and Wu, H. M. (2001). Pollen-tube guidance-right on target. Science
293, 1441-1442. doi: 10.1126/science.1065051

Cheung, A. Y., and Wu, H. M. (2008). Structural and signaling networks for the
polar cell growth machinery in pollen tubes. Annu. Rev. Plant Biol. 59, 547-572.
doi: 10.1146/annurev.arplant.59.032607.092921

Cole, R. A., Synek, L., Zarsky, V., and Fowler, J. E. (2005). SEC8, a subunit of
the putative Arabidopsis exocyst complex, facilitates pollen germination and
competitive pollen tube growth. Plant Physiol. 138, 2005-2018. doi: 10.1104/
pp.105.062273

Collings, D. A., Gebbie, L. K., Howles, P. A., Hurley, U. A, Birch, R. J., Cork,
A. H., et al. (2008). Arabidopsis dynamin-like protein DRP1A: a null mutant
with widespread defects in endocytosis, cellulose synthesis, cytokinesis, and cell
expansion. J. Exp. Bot. 59, 361-376. doi: 10.1093/jxb/erm324

Colombani, A., Djerbi, S., Bessueille, L., Blomqvist, K., Ohlsson, A., Berglund, T.,
et al. (2004). In vitro synthesis of (1—3)-B-D-glucan (callose) and cellulose by
detergent extracts of membranes from cell suspension cultures of hybrid aspen.
Cellulose 11, 313-327. doi: 10.1023/B:CELL.0000046404.25406.19

Cosgrove, D. J. (2005). Growth of the plant cell wall. Nat. Rev. Mol. Cell Biol. 6,
850-861. doi: 10.1038/nrm1746

Cresti, M., Murgia, M., and Theunis, C. H. (1990). Microtubule organization in
sperm cells in the pollen tubes of Brassica oleracea L. Protoplasma 154, 151-156.
doi: 10.1007/BF01539842

Cresti, M., and van Went, J. L. (1976). Callose deposition and plug formation in
Petunia pollen tubes in situ. Planta 133, 35-40. doi: 10.1007/BF00386003

Crowell, E. E, Bischoff, V., Desprez, T., Rolland, A., Stierhof, Y. D., Schumacher,
K., et al. (2009). Pausing of Golgi bodies on microtubules regulates secretion
of cellulose synthase complexes in Arabidopsis. Plant Cell 21, 1141-1154. doi:
10.1105/tpc.108.065334

Cvrckovd, E, Grunt, M., Bezvoda, R., Hala, M., Kulich, 1., Rawat, A., et al. (2012).
Evolution of the land plant exocyst complexes. Front. Plant Sci. 3:159. doi:
10.3389/fpls.2012.00159

Deeks, M. J., Fendrych, M., Smertenko, A., Bell, K. S., Oparka, K., Cvr¢kovd, E, et
al. (2010). The plant formin AtFH4 interacts with both actin and microtubules,
and contains a newly identified microtubule-binding domain. J. Cell Sci. 123,
1209-1215. doi: 10.1242/jcs.065557

Denninger, P., Bleckmann, A., Lausser, A., Vogler, F, Ott, T., Ehrhardt, D. W,,
et al. (2014). Male-female communication triggers calcium signatures during
fertilization in Arabidopsis. Nat. Commun. 5, 4645. doi: 10.1038/ncomms5645

Derksen, J., Janssen, G. J., Wolters-Arts, M., Lichtscheidl, I., Adlassnig, W., Ovecka,
M., etal. (2011). Wall architecture with high porosityis established at the tip and
maintained in growing pollen tubes of Nicotiana tabacum. Plant ]. 68, 495-506.
doi: 10.1111/j.1365-313X.2011.04703.x

Dettmer, J., Hong-Hermesdorf, A., Stierhof, Y. D., and Schumacher, K. (2006).
Vacuolar H~ATPase activity is required for endocytic and secretory trafficking
in Arabidopsis. Plant Cell 18, 715-730. doi: 10.1105/tpc.105.037978

Dinic, J., Ashrafzadeh, P, and Parmryd, I. (2013). Actin filaments attachment
at the plasma membrane in live cells cause the formation of ordered lipid
domains. Biochim. Biophys. Acta 1828, 1102—1111. doi: 10.1016/j.bbamem.2012.
12.004

Dolan, L., Linstead, P., and Roberts, K. (1997). Developmental regulation of pectic
polysaccharides in the root meristem of Arabidopsis. J. Exp. Bot. 48, 713-720.
doi: 10.1093/jxb/48.3.713

Dowd, P. E. Coursol, S. Skirpan, A. L. Kao, T. H., and Gilroy, S. (2006). Petunia
phospholipase C1 is involved in pollen tube growth. Plant Cell 18, 1438—1453.
doi: 10.1105/tpc.106.041582

Drdovd, E. J., Synek, L., Pecenkova, T., Héla, M., Kulich, I, Fowler, J. E., et al.
(2013). The exocyst complex contributes to PIN auxin efflux carrier recycling
and polar auxin transport in Arabidopsis. Plant J. 73, 709-719. doi: 10.1111/tpj.
12074

Dresselhaus, T., and Franklin-Tong, N. (2013). Male-female crosstalk during pollen
germination, tube growth and guidance, and double fertilization. Mol. Plant 6,
1018-1036. doi: 10.1093/mp/sst061

Frontiers in Plant Science | Plant Cell Biology

February 2015 | Volume 6 | Article 51 | 10


http://www.frontiersin.org/Plant_Cell_Biology
http://www.frontiersin.org/Plant_Cell_Biology
http://www.frontiersin.org/Plant_Cell_Biology/archive

Onelli et al.

Microtubules and pollen tube growth

El-Tantawy, A. A., Solis, M. T., Da Costa, M. L., Coimbra, S., Risuefio, M. C.,
and Testillano, P. S. (2013). Arabinogalactan protein profiles and distribution
patterns during microspore embryogenesis and pollen development in Brassica
napus. Plant Reprod. 26, 231-243. doi: 10.1007/s00497-013-0217-8

Emons, A. M. C., Derksen, J., and Sassen, M. M. A. (1992). Do microtubules orient
plant-cell wall microfibrils? Physiol. Plant 84, 486—493. doi: 10.1111/j.1399-
3054.1992.tb04695.x

Fayant, P., Girlanda, O., Chebli, Y., Aubin, C. E., Villemure, I., and Geitmann, A.
(2010). Finite element model of polar growth in pollen tubes. Plant Cell 22,
2579-2593. doi: 10.1105/tpc.110.075754

Fendrych, M., Synek, L., Pecenkova, T., Drdovd, E. J., Sekeres, J., de Rycke, R., et al.
(2013). Visualization of the exocyst complex dynamics at the plasma membrane
of Arabidopsis thaliana. Mol. Biol. Cell 24, 510-520. doi: 10.1091/mbc.E12-06-
0492

Ferguson, C., Teeri, T. T., Siika-aho, M., Read, S. M., and Bacic, A. (1998). Location
of cellulose and callose in pollen tubes and grains of Nicotiana tabacum. Planta
206, 452—460. doi: 10.1007/s004250050421

Fernandes, A. N., Thomas, L. H., Altaner, C. M., Callow, P,, Forsyth, V. T., Apperley,
D. C, etal. (2011). Nanostructure of cellulose microfibrils in spruce wood. Proc.
Natl. Acad. Sci. U.S.A. 108, E1195-E1203. doi: 10.1073/pnas.1108942108

Fujita, M., Himmelspach, R., Hocart, C. H., Williamson, R. E., Mansfield, S. D.,
and Wasteneys, G. O. (2011). Cortical microtubules optimize cell-wall crys-
tallinity to drive unidirectional growth in Arabidopsis. Plant J. 66, 915-928. doi:
10.1111/j.1365-313X.2011.04552.x

Fujita, M., Lechner, B., Barton, D. A., Overall, R. L., and Wasteneys, G. O.
(2012). The missing link: do cortical microtubules define plasma membrane
nanodomains that modulate cellulose biosynthesis? Protoplasma 249(Suppl. 1),
§59-567. doi: 10.1007/s00709-011-0332-z

Geitmann, A. (2010). How to shape a cylinder: pollen tube as a model system for
the generation of complex cellular geometry. Sex. Plant Reprod. 23, 63—71. doi:
10.1007/500497-009-0121-4

Gillmor, C. S., Lukowitz, W., Brininstool, G., Sedbrook, J. C., Hamann, T.,
Poindexter, P, et al. (2005). Glycosylphosphatidylinositol-anchored proteins are
required for cell wall synthesis and morphogenesis in Arabidopsis. Plant Cell 17,
1128-1140. doi: 10.1105/tpc.105.031815

Goldraij, A., Kondo, K., Lee, C. B., Hancock, C. N, Sivaguru, M., Vazquez-
Santana, S., et al. (2006). Compartmentalization of S-RNase and HT-B degra-
dation in self-incompatible Nicotiana. Nature 439, 805-810. doi: 10.1038/
nature04491

Gossot, O., and Geitmann, A. (2007). Pollen tube growth: coping with mechanical
obstacles involves the cytoskeleton. Planta 226, 405-416. doi: 10.1007/s00425-
007-0491-5

Green, P. B. (1962). Mechanism for plant cellular morphogenesis. Science 138,
1404-1405. doi: 10.1126/science.138.3548.1404

Gu, Y., Kaplinsky, N., Bringmann, M., Cobb, A., Carroll, A., Sampathkumar, A.,
et al. (2010). Identification of a cellulose synthase-associated protein required
for cellulose biosynthesis. Proc. Natl. Acad. Sci. U.S.A. 107, 12866-12871. doi:
10.1073/pnas.1007092107

Gu, Y., and Somerville, C. (2010). Cellulose synthase interacting protein: a new
actor in cellulose synthesis. Plant Signal. Behav. 5, 1571-1574. doi: 10.4161/
psb.5.12.13621

Guan, Y., Guo, J., Li, H., and Yang, Z. (2013). Signaling in pollen tube growth:
crosstalk, feedback, and missing links. Mol. Plant 6, 1053—1064. doi: 10.1093/
mp/sst070

Guerriero, G., Hausman, J. E, and Cai, G. (2014). No stress! Relax! Mechanisms
governing growth and shape in plant cells. Int. J. Mol. Sci. 15, 5094-5114. doi:
10.3390/ijms15035094

Gutierrez, R., Lindeboom, J. J., Paredez, A. R., Emons, A. M., and Ehrhardt,
D. W. (2009). Arabidopsis cortical microtubules position cellulose synthase
delivery to the plasma membrane and interact with cellulose synthase
trafficking compartments. Nat. Cell Biol. 11, 797-806. doi: 10.1038/
ncb1886

Hala, M., Cole, R. A., Synek, L., Drdova, E., Pecenkova, T., Nordheim, A., et al.
(2008). An exocyst complex functions in plant cell growth in Arabidopsis and
tobacco. Plant Cell 20, 1330-1345. doi: 10.1105/tpc.108.059105

Hamada, T., Ueda, H., Kawase, T., and Hara-Nishimura, 1. (2014). Microtubules
contribute to tubule elongation and anchoring of endoplasmic reticulum,
resulting in high network complexity in Arabidopsis. Plant Physiol. 166, 1869—
1876. doi: 10.1104/pp.114.252320

Hammesfahr, B., and Kollmar, M. (2012). Evolution of the eukaryotic dynactin
complex, the activator of cytoplasmic dynein. BMC Evol. Biol. 12:95. doi:
10.1186/1471-2148-12-95

Helling, D., Possart, A., Cottier, S., Klahre, U., and Kost, B. (2006). Pollen tube
tip growth depends on plasma membrane polarization mediated by tobacco
PLC3 activity and endocytic membrane recycling. Plant Cell 18, 3519-3534. doi:
10.1105/tpc.106.047373

Hepler, P. K., Rounds, C. M., and Winship, L. J. (2013). Control of cell wall exten-
sibility during pollen tube growth. Mol. Plant 6, 998-1017. doi: 10.1093/mp/
sst103

Hepler, P. K., Vidali, L., andCheung, A. Y. (2001). Polarized cell growth in higher
plants. Annu. Rev. Cell Dev. Biol. 17, 159-187. doi: 10.1146/annurev.cellbio.
17.1.159

Hepler, P. K., and Winship, L. J. (2015). The pollen tube clear zone: clues to the
mechanism of polarized growth. J. Integr. Plant Biol. 57, 79-92. doi: 10.1111/
jipb.12315

Higashiyama, T. (2010). Peptide signaling in pollen-pistil interactions. Plant Cell
Physiol. 51, 177-189. doi: 10.1093/pcp/pcq008

Higashiyama, T., Kuroiwa, H., and Kuroiwa, T. (2003). Pollen-tube guidance:
beacons from the female gametophyte. Curr. Opin. Plant Biol. 6, 36—41. doi:
10.1016/S1369-5266(02)00010-9

Higashiyama, T., Yabe, S., Sasaki, N., Nishimura, Y., Miyagishima, S., Kuroiwa, H.,
etal. (2001). Pollen tube attraction by the synergid cell. Science 293, 1480-1483.
doi: 10.1126/science.1062429

Hiwatashi, Y., Sato, Y., and Doonan, H. J. (2014). Kinesins have a dual func-
tion in organizing microtubules during both tip growth and cytokinesis
in Physcomitrella patens. Plant Cell 26, 1256-1266. doi: 10.1105/tpc.113.
121723

Huang, S., Blanchoin, L., Chaudhry, E, Franklin-Tong, V. E., and Staiger, C. J.
(2004). A Gelsolin-like protein from Papaver rhoeas pollen (PrABP80) stimu-
lates calcium-regulated severing and depolymerization of actin filaments. J. Biol.
Chem. 279, 23364-23375. doi: 10.1074/jbc.M312973200

Idilli, A. I., Morandini, P., Onelli, E., Rodighiero, S., Caccianiga, M., and Moscatelli,
A. (2013). Microtubule depolymerization affects endocytosis and exocytosis in
the tip and influences endosome movement in tobacco pollen tubes. Mol. Plant
6, 1109-1130. doi: 10.1093/mp/sst099

Idilli, A. 1., Onelli, E., and Moscatelli, A. (2012). Low concentration of LatB
dramatically changes the microtubule organization and the timing of vegetative
nucleus/generative cell entrance in tobacco pollen tubes. Plant Signal. Behav. 7,
947-950. doi: 10.4161/psb.20907

Ishizaki, T., Morishima, Y., Okamoto, M., Furuyashiki, T., Kato, T., and Narumiya,
S. (2001). Coordination of microtubules and actin cytoskeleton by the Rho
effector mDial. Nat. Cell Biol. 3, 8—14. doi: 10.1038/35050598

Ito, K., Ikebe, M., Kashiyama, T., Mogami, T., Kon, T., and Yamamoto, K. (2007).
Kinetic mechanism of the fastest motor protein, Chara myosin. J. Biol. Chem.
282, 19534-19545. doi: 10.1074/jbc.M611802200

Ito, K., Kashiyama, T., Shimada, K., Yamaguchi, A., Awata, J. Y., Hachikubo, Y.,
et al. (2003). Recombinant motor domain constructs of Chara corallina myosin
display fast motility and high ATPase activity. Biochem. Biophys. Res. Commun.
312, 958-964. doi: 10.1016/j.bbrc.2003.10.202

Iwano, M., and Takayama, S. (2012). Self/non-self discrimination in angiosperm
self-incompatibility. Curr. Opin. Plant Biol. 15, 78-83. doi: 10.1016/j.pbi.2011.
09.003

Kawamura, E., Himmelspach, R., Rashbrooke, M. C., Whittington, A. T., Gale,
K. R, Collings, D. A, et al. (2006). MICROTUBULE ORGANIZATION 1 reg-
ulates structure and function of microtubule arrays during mitosis and cytoki-
nesis in the Arabidopsis root. Plant Physiol. 140, 102—114. doi: 10.1104/pp.105.
069989

Kawamura, E., and Wasteneys, G. O. (2008). MORI, the Arabidopsis thaliana
homologue of Xenopus MAP215, promotes rapid growth and shrinkage, and
suppresses the pausing of microtubules in vivo. J. Cell Sci. 121, 4114-4123. doi:
10.1242/jcs.039065

Kim, S. T., Dong, J., and Lord, E. M. (2004). Pollen tube guidance: the role of
adhesion and chemotropic molecules. Curr. Top. Dev. Biol. 61, 61-79. doi:
10.1016/S0070-2153(04)61003-9

Kim, S. T., Zhang, K., Dong, J., and Lord, E. M. (2006). Exogenous free ubiquitin
enhances lily pollen tube adhesion to an in vitro stylar matrix and may facil-
itate endocytosis of SCA. Plant Physiol. 142, 1397-1411. doi: 10.1104/pp.106.
086801

www.frontiersin.org

February 2015 | Volume 6 | Article 51 | 11


http://www.frontiersin.org
http://www.frontiersin.org/Plant_Cell_Biology/archive

Onelli et al.

Microtubules and pollen tube growth

Kim, S. Y., Xu, Z. Y., Song, K., Kim, D. H., Kang, H., Reichardt, I., et al. (2013).
Adaptor protein complex 2-mediated endocytosis is crucial for male reproduc-
tive organ development in Arabidopsis. Plant Cell 25, 2970-2985. doi: 10.1105/
tpc.113.114264

Kost, B., Lemichez, E., Spielhofer, P., Hong, Y., Tolias, K., Carpenter, C., et al.
(1999). Rac homologues and compartmentalized phosphatidylinositol 4,5-
bisphosphate act in a common pathway to regulate polar pollen tube growth.
J. Cell Biol. 145, 317-330. doi: 10.1083/jcb.145.2.317

Kroeger, J. H., Bou Daher, E, Grant, M., and Geitmann, A. (2009). Microfilament
orientation constrains vesicle flow and spatial distribution in growing pollen
tubes. Biophysical J. 97, 1822-1831. doi: 10.1016/j.bp;j.2009.07.038

Kumar, A., and McClure, B. (2010). Pollen-pistil interactions and the endomem-
brane system. J. Exp. Bot. 61, 2001-2013. doi: 10.1093/jxb/erq065

Laitiainen, E., Nieminen, K. M., Vihinen, H., and Raudaskoski, M. (2002).
Movement of generative cell and vegetative nucleus in tobacco pollen tubes
is dependent on microtubule cytoskeleton but independent of the synthesis
of callose plugs. Sex. Plant Reprod. 15, 195-204. doi: 10.1007/s00497-002-
0155-3

Laloi, M., Perret, A. M., Chatre, L. Melser, S., Cantrel, C., Vaultier, M. N., et al.
(2007). Insights into the role of specific lipids in the formation and delivery of
lipid microdomains to the plasma membrane of plant cells. Plant Physiol. 143,
461-472. doi: 10.1104/pp.106.091496

Lam, S.K,, Siu, C. L., Hillmer, S., Jang, S., An, G., Robinson, D. G., etal. (2007). Rice
SCAMP1 defines clathrin-coated, trans-golgi-located tubular-vesicular struc-
tures as an early endosome in tobacco BY-2 cells. Plant Cell 19, 296-319. doi:
10.1105/tpc.106.045708

Lazzaro, M. D., Marom, E. Y., and Reddy, A. S. (2013). Polarized cell growth,
organelle motility, and cytoskeletal organization in conifer pollen tube tips are
regulated by KCBP, the calmodulin-binding kinesin. Planta 238, 587-597. doi:
10.1007/500425-013-1919-8

Lee, C. B., Kim, S., and McClure, B. (2009). A pollen protein, NaPCCP, that binds
pistil arabinogalactan proteins also binds phosphatidylinositol 3-phosphate and
associates with the pollen tube endomembrane system. Plant Physiol. 149, 791—
802. doi: 10.1104/pp.108.127936

Lefebvre, B., Furt, E, Hartmann, M. A., Michaelson, L. V., Carde, J. P., Sargueil-
Boiron, E, et al. (2007). Characterization of lipid rafts from Medicago
truncatula root plasma membranes: a proteomic study reveals the pres-
ence of a raft-associated redox system. Plant Physiol. 144, 402—418. doi:
10.1104/pp.106.094102

Lei, L., Li, S., Bashline, L., and Gu, Y. (2014). Dissecting the molecular mechanism
underlying the intimate relationship between cellulose microfibrils and cortical
microtubules. Front. Plant Sci. 5:90. doi: 10.3389/fpls.2014.00090

Lei, L., Li, S., Du, J., Bashline, L., and Gu, Y. (2013). CELLULOSE SYNTHASE
INTERACTIVES regulates cellulose biosynthesis in both a microtubule- depen-
dent and microtubule-independent manner in Arabidopsis. Plant Cell 25, 4912—
4923. doi: 10.1105/tpc.113.116715

Lei, L, Li, S., and Gu, Y. (2012). Cellulose synthase interactive protein 1 (CSI1)
mediates the intimate relationship between cellulose microfibrils and cortical
microtubules. Plant Signal. Behav. 7, 714-718. doi: 10.4161/ psb.20338

Leydon, A. R., Chaibang, A., and Johnson, M. A. (2014). Interactions between
pollen tube and pistil control pollen tube identity and sperm release in
the Arabidopsis female gametophyte. Biochem. Soc. Trans. 42, 340-345. doi:
10.1042/BST20130223

Li, J., Xu, Y., and Chong, K. (2012). The novel functions of kinesin motor proteins
in plants. Protoplasma 249, $95-5100. doi: 10.1007/s00709-011-0357-3

Li, S., Bashline, L., Lei, L., and Gu, Y. (2014). Cellulose synthesis and its regulation.
Arabidopsis book 12:0169. doi: 10.1199/tab.0169

Li, S., Ge, E R, Xu, M., Zhao, X. Y., Huang, G. Q., Zhou, L. Z., et al. (2013).
Arabidopsis COBRA-LIKE 10, a GPI-anchored protein, mediates directional
growth of pollen tubes. Plant J. 74, 486—497. doi: 10.1111/tpj.12139

Li, S., Lei, L., Somerville, C. R., and Gu, Y. (2011). Cellulose synthase interactive
proteinl (CSI1) links microtubules and cellulose synthase complexes. Proc. Natl.
Acad. Sci. U.S.A. 109, 185-190. doi: 10.1073/pnas.1118560109

Li, Y. H,, Qian, O., Zhou, Y. H,, Yan, M. X., Sun, L., Zhang, M., et al. (2003).
BRITTLE CULMI1, which encodes a COBRA-like protein, affects the mechan-
ical properties of rice plants. Plant Cell 15, 2020-2031. doi: 10.1105/tpc.
011775

Li, Y., Shen, Y., Cai, C., Zhong, C., Zhu, L., Yuan, M., et al. (2010). The
type II Arabidopsis forminl4 interacts with microtubules and microfilaments

to regulate cell division. Plant Cell 22, 2710-2726. doi: 10.1105/tpc.110.
075507

Liu, G. Q., Cai, G., Del Casino, C., Tiezzi, A., and Cresti, M. (1994). Kinesin-related
polypeptide is associated with vesicles from Corylus avellana pollen. Cell Mot.
Cytoskeleton 29, 155-166. doi: 10.1002/cm.970290207

Liu, L., Shang-Guan, K., Zhang, B., Liu, X., Yan, M., Zhang, L., et al. (2013).
Brittle Culm1, a COBRA-like protein, functions in cellulose assembly through
binding cellulose microfibrils. PLoS Genet. 9:¢1003704. doi: 10.1371/jour-
nal.pgen.1003704

Liu, P, Li, R. L., Zhang, L., Wang, Q. L., Niehaus, K., Baluska, E, et al. (2009).
Lipid microdomain polarization is required for NADPH oxidase-dependent
ROS signaling in Picea meyeri pollen tube tip growth. Plant J. 60, 303-313. doi:
10.1111/j.1365-313X.2009.03955.x

Lord, E. M. (2003). Adhesion and guidance in compatible pollination. J. Exp. Bot.
54, 47-54. doi: 10.1093/jxb/erg015

Losada, J. M., and Herrero, M. (2014). Glycoprotein composition along the pistil of
Malus x domestica and the modulation of pollen tube growth. BMC Plant Biol.
14:1. doi: 10.1186/1471-2229-14-1

Lovy-Wheeler, A., Cérdenas, L., Kunkel, J. G., and Hepler, P. K. (2007). Differential
organelle movement on the actin cytoskeleton in lily pollen tubes. Cell Motil.
Cytoskeleton 64, 217-232. doi: 10.1002/cm.20181

Lucas, J. R., Courtney, S., Hassfurder, M., Dhingra, S., Bryant, A., and Shaw, S.
L. (2011). Microtubule-associated proteins MAP65-1 and MAP65-2 positively
regulate axial cell growth in etiolated Arabidopsis hypocotyls. Plant Cell 23,
1889-1903. doi: 10.1105/tpc.111.084970

Maruyama, D., Hamamura, Y., Takeuchi, H., Susaki, D., Nishimaki, M., Kuri-
hara, D., et al. (2013). Independent control by each female gamete pre-
vents the attraction of multiple pollen tubes. Dev. Cell 25, 317-323. doi:
10.1016/j.devcel.2013.03.013

McClure, B. A., and Franklin-Tong, V. (2006). Gametophytic self-incompatibility:
understanding the cellular mechanisms involved in “self” pollen tube inhibition.
Planta 224, 233-245. doi: 10.1007/s00425-006-0284-2

McClure, B. A., Gray, J. E., Anderson, M. A., and Clarke, A. E. (1990). Self-
incompatibility in Nicotiana alata involves degradation of pollen rRNA. Nature
347, 757-760. doi: 10.1038/347757a0

McClure, B. A., Haring, V., Ebert, P. R., Anderson, M. A., Simpson, R. J., Sakiyama,
F, et al. (1989). Style self-incompatibility gene products of Nicotiana alata are
ribonucleases. Nature 342, 955-957. doi: 10.1038/342955a0

Meng, D., Gu, Z., Yuan, H., Wang, A., Li, W,, Yang, Q., et al. (2014). The
microtubule cytoskeleton and pollen tube Golgi vesicle system are required for
in vitro S-RNase internalization and gametic self-incompatibility in apple. Plant
Cell Physiol. 55, 977-989. doi: 10.1093/pcp/pcu031

Mollet, J. C., Park, S. Y., Nothnagel, E. A., and Lord, E. M. (2000). A lily stylar pectin
is necessary for pollen tube adhesion to an in vitro stylar matrix. Plant Cell 12,
1737-1750. doi: 10.1105/tpc.12.9.1737

Mongrand, S., Morel, J., Laroche, J., Claverol, S., Carde, J. P,, Hartman, M. A,, et
al. (2004). Lipid rafts in higher plant cells: purification and characterization of
Triton X-100-insoluble microdomains from tobacco plasma membrane. J. Biol.
Chem. 279, 36277-36286. doi: 10.1074/jbc.M403440200

Monteiro, D., Liu, Q., Lisboa, S., Scherer, G. E., Quader, H., and Malhé, R.
(2005). Phosphoinositides and phosphatidic acid regulate pollen tube growth
and reorientation through modulation of [Ca?t]c and membrane secretion. J.
Exp. Bot. 56, 1665—-1674. doi: 10.1093/jxb/eri163

Morel, J., Claverol, S., Mongrand, S., Furt, E, Fromentin, J., Bessoule, J. J.,
et al. (2006). Proteomics of plant detergent-resistant membranes. Mol. Cell.
Proteomics 5, 1396-1411. doi: 10.1074/mcp.M600044-MCP200

Moscatelli, A., Cai, G., Ciampolini, F, and Cresti, M. (1998). Dynein heavy chain—
related polypeptides are associated with organelles in pollen tubes of Nicotiana
tabacum. Sex. Plant Reprod. 11, 31-40. doi: 10.1007/s004970050118

Moscatelli, A., Ciampolini, E, Rodighiero, S., Onelli, E., Cresti, M., Santo, N., et
al. (2007). Distinct endocytic pathways identified in tobacco pollen tubes using
charged nanogold. J. Cell Sci. 120, 3804-3819. doi: 10.1242/jcs.012138

Moscatelli, A., Del Casino, C., Lozzi, L., Cai, G., Scali, M., Tiezzi, A., et al. (1995).
High molecular weight polypeptides related to dynein heavy chains in Nicotiana
tabacum pollen tubes. J. Cell Sci. 108, 1117-1125.

Moscatelli, A., Gagliardi, A., Maneta-Peyret, L., Bini, L., Stroppa, N., Onellj, E., et
al. (2015). Characterization of detergent-insoluble membranes in pollen tubes
of Nicotiana tabacum (L.). Biol. Open. doi: 10.1242/bi0.201410249 [Epub ahead
of print].

Frontiers in Plant Science | Plant Cell Biology

February 2015 | Volume 6 | Article 51 | 12


http://www.frontiersin.org/Plant_Cell_Biology
http://www.frontiersin.org/Plant_Cell_Biology
http://www.frontiersin.org/Plant_Cell_Biology/archive

Onelli et al.

Microtubules and pollen tube growth

Moscatelli, A., and Idilli, A. I. (2009). Pollen tube growth: a delicate equilibrium
between secretory and endocytic pathways. J. Integr. Plant Biol. 51, 727-739.
doi: 10.1111/j.1744-7909.2009.00842.x

Moscatelli, A., Idilli, A. I., Rodighiero, S., and Caccianiga, M. (2012). Inhibition
of actin polymerisation by low concentration Latrunculin B affects endocytosis
and alters exocytosis in shank and tip of tobacco pollen tubes. Plant Biol. 14,
770-782. doi: 10.1111/j.1438-8677.2011.00547.x

Muiiz, M., and Zurzolo, C. (2014). Sorting of GPI-anchored proteins from yeast
to mammals — common pathways at different sites? J. Cell Sci. 127, 1-9. doi:
10.1242/jcs.148056

Newman, R. H., Hill, S. J., and Harris, P. J. (2013). Wide-angle x-ray scattering
and solid state nuclear magnetic resonance data combined to test models for
cellulose microfibrils in mung bean cell walls. Plant Physiol. 163, 1558-1567.
doi: 10.1104/pp.113.228262

Nezhad, A. S., Naghavi, M., Packirisamy, M., Bhat, R., and Geitmann, A.
(2013). Quantification of the Young’s modulus of the primary plant cell wall
using Bending-Lab-On-Chip (BLOC). Lab Chip 13, 2599-2608. doi: 10.1039/
c31c00012e

Onelli, E., and Moscatelli, A. (2013). Endocytic pathways and recycling in growing
pollen tubes. Plants 2, 211-229. doi: 10.3390/plants2020211

Ovecka, M., Berson, T., Beck, M., Derksen, J., Samaj, J., Baluska, E, et al. (2010).
Structural sterols are involved in both the initiation and tip growth of root hairs
in Arabidopsis thaliana. Plant Cell 22, 2999-3019. doi: 10.1105/tpc.109.069880

Paladino, S., Sarnataro, D., Pillich, R., Tivodar, S., Nitsch, L., and Zurzolo, C.
(2004). Protein oligomerization modulates raft partitioning and apical sorting
of GPI-anchored proteins. J. Cell Biol. 167, 699-709. doi: 10.1083/jcb.200407094

Palanivelu, R., and Tsukamoto, T. (2012). Pathfinding in angiosperm reproduction:
pollen tube guidance by pistils ensures successful double fertilization. Wiley
Interdiscip. Rev. Dev. Biol. 1, 96-113. doi: 10.1002/wdev.6

Palin, R., and Geitmann, A. (2012). The role of pectin in plant morphogenesis.
Biosystems 109, 397—402. doi: 10.1016/j.biosystems.2012.04.006

Paredez, A. R., Somerville, C. R., and Ehrhardt, D. W. (2006). Visualization
of cellulose synthase demonstrates functional association with microtubules.
Science 312, 1491-1495. doi: 10.1126/science.1126551

Park, S. Y, Jauh, G. Y., Mollet, J. C., Eckard, K. J., Nothnagel, E. A., Walling,
L. L., et al. (2000). A lipid transfer-like protein is necessary for lily pollen tube
adhesion to an in vitro stylar matrix. Plant Cell 12, 151-164. doi: 10.1105/tpc.
12.1.15

Parre, E., and Geitmann, A. (2005a). Pectin and the role of the physical properties
of the cell wall in pollen tube growth of Solanum chacoense. Planta 220, 582-592.
doi: 10.1007/s00425-004-1368-5

Parre, E., and Geitmann, A. (2005b). More than a leak sealant. The mechan-
ical properties of callose in pollen tubes. Plant Physiol. 137, 274-286. doi:
10.1104/pp.104.050773

Parton, R. M., Fisher-Parton, S., Watahiki, M. K., and Trewavas, A. J. (2001).
Dynamics of the apical vesicle accumulation and the rate of growth are related
in individual pollen tubes. J. Cell Sci. 114, 2685-2695.

Paulick, M., and G. Bertozzi, C. R. (2008). The glycosylphosphatidylinositol
anchor: a complex membrane-anchoring structure for proteins. Biochemistry
47, 6991-7000. doi: 10.1021/bi8006324

Peng, L., Kawagoe, Y., Hogan, P., and Delmer, D. (2002). Sitosterol-B-glucoside as
primer for cellulose synthesis in plants. Science 295, 147-150. doi: 10.1126/sci-
ence.1064281

Pereira, A. M., Masiero, S., Nobre, M. S., Costa, M. L., Solis, M. T., Testillano, P.
S., et al. (2014). Differential expression patterns of arabinogalactan proteins
in Arabidopsis thaliana reproductive tissues. J. Exp. Bot. 65, 5459-5471. doi:
10.1093/jxb/eru300

Pleskot, R., Li, J., Zarsky, V., Potocky, M., and Staiger, C. J. (2013). Regulation of
cytoskeletal dynamics by phospholipase D and phosphatidic acid. Trends Plant
Sci. 18, 496-504. doi: 10.1016/j.tplants.2013.04.005

Pokotylo, I, Pejchar, P,, Potocky, M., Kocourkova,D., Krckova, Z., Ruelland, E., et al.
(2013). The plant non-specific phospholipase C gene family. Novel competitors
in lipid signalling. Prog. Lipid Res. 52, 62—79. doi: 10.1016/j.plipres.2012.09.001

Potocky, M., Elids, M., Profotova, B., Novotnd, Z., Valentovd, O., and Zarsky, V.
(2003). Phosphatidic acid produced by phospholipase D is required for tobacco
pollen tube growth. Planta 217, 122-130. doi: 10.1007/s00425-002-0965-4

Potocky, M., Pleskot, R., Pejchar, P, Vitale, N., Kost, B., and Zarsky, V. (2014).
Live-cell imaging of phosphatidic acid dynamics in pollen tubes visualized by
Spo20p-derived biosensor. New Phytol. 203, 483—494. doi: 10.1111/nph.12814

Pleskot, R., Pejchar, P., Bezvoda, R., Lichtscheidl, I. K., Wolters-Arts, M., Marg, J.,
etal. (2012). Turnover of Phosphatidic Acid through distinct signaling pathways
affects multiple aspects of pollen tube growth in Tobacco. Front. Plant Sci. 3:54.
doi: 10.3389/fpls.2012.00054

Poulter, N. S., Bosch, M., and Franklin-Tong, V. E. (2011). Proteins implicated in
mediating self-incompatibility-induced alterations to the actin cytoskeleton of
Papaver pollen. Ann. Bot. 108, 659-675. doi: 10.1093/aob/mcr022

Poulter, N. S., Vatovec, S., and Franklin-Tong, V. E. (2008). Microtubules are a
target for self-incompatibility signaling in Papaver pollen. Plant Physiol. 146,
1358-1367. doi: 10.1104/pp.107.107052

Poulter, N. S., Wheeler, M. J., Bosch, M., and Franklin-Tong, V. E. (2010). Self-
incompatibility in Papaver: identification of the pollen S-determinant PrpS.
Biochem. Soc. Trans. 38, 588-592. doi: 10.1042/BST0380588

Proseus, T. E., and Boyer, J. S. (2005). Turgor pressure moves polysaccha-
rides into growing cell walls of Chara corallina. Ann. Bot. 95, 967-979. doi:
10.1093/aob/mcil13

Qiao, H., Wang, H., Zhao, L., Zhou, J., Huang, J., Zhang, Y,, et al. (2004). The
F-box protein AhSLF-S2 physically interacts with S-RNases that may be inhib-
ited by the ubiquitin/26S proteasome pathway of protein degradation during
compatible pollination in Antirrhinum. Plant Cell 16, 582-595. doi: 10.1105/tpc.
017673

Qin, T, Liu, X., Li, J., Sun, J., Song, L., and Mao, T. (2014). Arabidopsis microtubule-
destabilizing protein 25 functions in pollen tube growth by severing actin
filaments. Plant Cell 26, 325-339. doi: 10.1105/tpc.113.119768

Qin, Y., Leydon, A. R., Manziello, A., Pandey, R., Mount, D., Denic, S., et al. (2009).
Penetration of the stigma and style elicits a novel transcriptome in pollen tubes,
pointing to genes critical for growth in a pistil. PLoS Genet. 5:e1000621. doi:
10.1371/journal.pgen.1000621

Rasmussen, C. G., Wright, A. J., and Miiller, S. (2013). The role of the cytoskeleton
and associated proteins in determination of the plant cell division plane. Plant
J. 75, 258-269. doi: 10.1111/tp;j.12177

Ravindran, S., Kim, S., Martin, R., Lord, E. M., and Ozkan, C. S. (2005). Quantum
dots as bio-labels for the localization of a small plant adhesion protein. Nan-
otechnology 16, 1-4. doi: 10.1088/0957-4484/16/1/001

Ray, P. M. (1992). Mechanisms of wall loosening for cell growth. Curr. Top. Plant
Biochem. Physiol. 11, 18—41.

Rockel, N., Wolf, S., Kost, B., Rausch, T., and Greiner, S. (2008). Elaborate spatial
patterning of cell-wall PME and PMEI at the pollen tube tip involves PMEI
endocytosis, and reflects the distribution of esterified and de-esterified pectins.
Plant J. 53, 133-143. doi: 10.1111/j.1365-313X.2007.03325.x

Rohde, G., Wenzel, D., and Haucke, V. (2002). A phosphatidylinositol (4,5)-
bisphosphate binding site within mu2-adaptin regulates clathrin-mediated
endocytosis. J. Cell Biol. 158, 209-214. doi: 10.1083/jcb.200203103

Romagnoli, S., Cai, G., and Cresti, M. (2003). In vitro assays demonstrate that
pollen tube organelles use kinesin-related motor proteins to move along micro-
tubules. Plant Cell 15, 251-69. doi: 10.1105/tpc.005645

Romagnoli, S., Cai, G., Faleri, C., Yokota, E., Shimmen, T., and Cresti, M. (2007).
Microtubule- and actin filament-dependent motors are distributed on pollen
tube mitochondria and contribute differently to their movement. Plant Cell
Physiol. 48, 345-361. doi: 10.1093/pcp/pem001

Romagnoli, S., Faleri, C., Bini, L., Baskin, T. I., and Cresti, M. (2010). Cytosolic
proteins from tobacco pollen tubes that crosslink microtubules and actin
filaments in vitro are metabolic enzymes. Cytoskeleton 67, 745-754. doi:
10.1002/cm.20483

Rosero, A., Zérsky, V., and Cvrékova, F (2013). AtFH1 formin mutation affects
actin filament and microtubule dynamics in Arabidopsis thaliana. J. Exp. Bot.
64, 585-597. doi: 10.1093/jxb/ers351

Roudier, E, Fernandez, A. G., Fujita, M., Himmelspach, R., Borner, G. H.,
Schindelman, G., et al. (2005). COBRA, an Arabidopsis extracellular glycosyl-
phosphatidyl inositol-anchored protein, specifically controls highly anisotropic
expansion through its involvement in cellulose microfibril orientation. Plant
Cell 17, 1749-1763. doi: 10.1105/tpc.105.031732

Rounds, C. M., Hepler, P. K., and Winship, L. J. (2014). The apical actin fringe
contributes to localized cell wall deposition and polarized growth in the lily
pollen tube. Plant Physiol. 166, 139—151. doi: 10.1104/pp.114.242974

Sanati Nezhad, A., Naghavi, M., Packirisamy, M., Bhat, R., and Geitmann, A.
(2013). Quantification of cellular penetrative forces using Lab-on-a-Chip tech-
nology and finite element modeling. Proc. Natl. Acad. Sci. U.S.A. 110, 8093—
8098. doi: 10.1073/pnas.1221677110

www.frontiersin.org

February 2015 | Volume 6 | Article 51 | 13


http://www.frontiersin.org
http://www.frontiersin.org/Plant_Cell_Biology/archive

Onelli et al.

Microtubules and pollen tube growth

Scali, M., Vignani, R., Moscatelli, A., Jellbauer, S., and Cresti, M. (2003). Molecular
evidence for a cytoplasmic dynein heavy chain from Nicotiana tabacum L. Cell
Biol. Int. 27, 261-262. doi: 10.1016/S1065-6995(02)00329-3

Schlupmann, H., Bacic, A., and Read, S. M. (1994). Uridine diphosphate glucose
metabolism and callose synthesis in cultured pollen tubes of Nicotiana alata
Link et Otto. Plant Physiol. 105, 659—670. doi: 10.1104/pp.105.2.659

Schrick, K., DeBolt, S., and Bulone, V. (2012). Deciphering the molecular
functions of sterols in cellulose biosynthesis. Front. Plant Sci. 3:84. doi:
10.3389/fpls.2012.00084

Schrick, K., Fujioka, S., Takatsuto, S., Stierhof, Y. D., Stransky, H., Yoshida, S.,
et al. (2004). A link between sterol biosynthesis, the cell wall, and cel-
lulose in Arabidopsis. Plant J. 38, 227-243. doi: 10.1111/j.1365-313X.2004.
02039.x

Schroeder, R., London, E., and Brown, D. (1994). Interactions between saturated
acyl chains confer detergent resistance on lipids and glycosylphosphatidylinos-
itol (GPI)-anchored proteins: GPI-anchored proteins in liposomes and cells
show similar behaviour. Proc. Nat. Acad. Sci. U.S.A. 91, 12130-12134. doi:
10.1073/pnas.91.25.12130

Shanina, N. A., Lazareva, E. M., Skorova, E. Y., Chentsov, Y. S., and Smirnova,
E. A. (2009). A high molecular weight polypeptide cross-reacting with the
antibodies to the dynein heavy chain localizes to the subset of Golgi complex
in higher plant cells. Cell Biol. Int. 33, 290-300. doi: 10.1016/j.cellbi.2008.
12.004

Shimmen, T. (2007). The sliding theory of cytoplasmic streaming: fifty years of
progress. J. Plant Res. 120, 31-43. doi: 10.1007/s10265-006-0061-0

Sijacic, P., Wang, X., Skirpan, A., Wang, Y., Dowd, P., McCubbin, A., et al.
(2004). Identification of the pollen determinant of S-RNase-mediated self-
incompatibility. Nature 429, 302-305. doi: 10.1038/nature02523

Smertenko, A. P.,, Chang, H. Y., Wagner, V., Kaloriti, D., Fenyk, S., Sonore, S., et al.
(2004). The Arabidopsis microtubule-associated protein AtMAP65-1: molecular
analysis of its microtubule bundling activity. Plant Cell 16, 2035-2047. doi:
10.1105/tpc.104.023937

Snowman, B. N., Kovar, D. R., Shevchenko, G., Franklin-Tong, V. E., and Staiger,
C. J. (2002). Signal-mediated depolymerization of actin in pollen during
the self-incompatibility response. Plant Cell 14, 2613-2626. doi: 10.1105/tpc.
002998

Southworth, D., and Cresti, M. (1997). Comparison of flagellated and nonflagel-
lated sperm in plants. Am. J. Bot. 84, 1301-1311. doi: 10.2307/2446056

Synek, L., Sekeres, J., and Zarsky, V. (2014). The exocyst at the interface between
cytoskeleton and membranes in eukaryotic cells. Front. Plant Sci. 4:543. doi:
10.3389/fpls.2013.00543

Takeuchi, H., and Higashiyama, T. (2011). Attraction of tip-growing pollen
tubes by the female gametophyte. Curr. Opin. Plant Biol. 14, 614-621. doi:
10.1016/j.pbi.2011.07.010

Taylor, N. G., Howells, R. M., Huttly, A. K., Vickers, K., and Turner, S. R.
(2003). Interactions among three distinct CesA proteins essential for cellulose
synthesis. Proc. Nat. Acad. Sci. U.S.A. 100, 1450-1455. doi: 10.1073/pnas.
0337628100

Terasaka, O., and Niitsu, T. (1994). Kinesin localized in the pollen tube tips of Pinus
densiflora. Jpn. J. Palynol. 40, 1-6.

Thomas, L. H., Forsyth, V. T., Sturcova, A., Kennedy, C. J., May, R. P., Altaner, C.
M., et al. (2013). Structure of cellulose microfibrils in primary cell walls from
collenchyma. Plant Physiol. 161, 465—476. doi: 10.1104/pp.112.206359

Tiezzi, A., Moscatelli, A., Cai, G., Bartalesi, A., and Cresti, M. (1992). An
immunoreactive homolog of mammalian kinesin in Nicotiana tabacum pollen
tubes. Cell Motil. Cytoskeleton 21, 132—137. doi: 10.1002/cm.970210206

Tominaga, M., Kimura, A., Yokota, E., Haraguchi, T., Shimmen, T., Yamamoto, K.,
et al. (2013). Cytoplasmic streaming velocity as a plant size determinant. Dev.
Cell 27, 345-352. doi: 10.1016/j.devcel.2013.10.005

Toyooka, K., and Matsuoka, K. (2009). Exo- and endocytotic trafficking of
SCAMP2. Plant Signal. Behav. 4, 1196-1198. doi: 10.1105/tpc.108.058933

Viotti, C., Bubeck, J., Stierhof, Y. D., Krebs, M., Langhans, M., Van der Berg, W.,
et al. (2010). Endocytic and secretory traffic in Arabidopsis merge in the Trans
Golgi Network/Early endosome, an independent and highly dynamic organelle.
Plant Cell 22, 1344-1357. doi: 10.1105/tpc.109.072637

Wang, H., Tse, Y. C., Law, A. H., Sun, S. S., Sun, Y. B., Xu, Z. E, et al. (2010). Vacuolar
sorting receptors (VSRs) and secretory carrier membrane proteins (SCAMPs)
are essential for pollen tube growth. Plant J. 61, 826-838. doi: 10.1111/j.1365-
313X.2009.04111.x

Wang, J., Xue, X., and Ren, H. (2012a). New insights into the role of plant
formins: regulating the organization of the actin and microtubule cytoskeleton.
Protoplasma 249(Suppl. 2), S101-S107. doi: 10.1007/s00709-011-0368-0

Wang, W., Lazareva, E., Kyreev, 1., and Smirnova, E. (2012b). The role of micro-
tubules in the maintenance of regular localization and arrangement of Golgi
apparatus in root cells of Triticum aestivum L. Proc. Biochem. 47, 1545-1551.
doi: 10.1016/j.procbio.2012.01.001

Wang, W., Wang, L., Chen, C., Xiong, G., Tan, X. Y., Yang, K. Z., et al. (2011).
Arabidopsis CSLD1 and CSLD4 are required for cellulose deposition and normal
growth of pollen tubes. J. Exp. Bot. 62, 5161-177. doi: 10.1093/jxb/err221

Wang, Y., Zhang, W. Z., Song, L. E, Zou, J. ], Su, Z., and Wu, W. H. (2008).
Transcriptome analyses show changes in gene expression to accompany pollen
germination and tube growth in Arabidopsis. Plant Physiol. 148, 1201-1211. doi:
10.1104/pp.108.126375

Wasteneys, G. O. (2004). Progress in understanding the role of microtubules in
plant cells. Curr. Opin. Plant Biol. 7, 651-660. doi: 10.1016/j.pbi.2004.09.008

Wasteneys, G. O., and Fujita, M. (2006). Establishing and maintaining axial growth:
wall mechanical properties and the cytoskeleton. J. Plant Res. 119, 5-10. doi:
10.1007/510265-005-0233-3

Wheeler, M. J., de Graaf, B. H., Hadjiosif, N., Perry, R. M., Poulter, N. S., Osman,
K., et al. (2009). Identification of the pollen self-incompatibility determinant in
Papaver rhoeas. Nature 459, 992-995. doi: 10.1038/nature08027

Wheeler, M. J., Vatovec, S., and Franklin-Tong, V. E. (2010). The pollen
S-determinant in Papaver: comparisons with known plant receptors and protein
ligand partners. J. Exp. Bot. 61, 2015-2025. doi: 10.1093/jxb/erp383

Wickstead, B., and Gull, K. (2007). Dyneins across eukaryotes: a comparative
genomic analysis. Traffic 8, 1708-17021. doi: 10.1111/j.1600-0854.2007.00646.x

Wightman, R., and Turner, S. (2010). Trafficking of the plant cellulose synthase
complex. Plant Physiol. 153, 427—432. doi: 10.1104/pp.110.154666

Willats, W. G., Orfila, C., Limberg, G., Buchholt, H. C., van Alebeek, G. J.,
Voragen, A. G., et al. (2001). Modulation of the degree and pattern of methyl-
esterification of pectic homogalacturonan in plant cell walls. Implications for
pectin methyl esterase action, matrix properties, and cell adhesion. J. Biol. Chem.
276, 19404-19413. doi: 10.1074/jbc.M011242200

Xiong, G., Li, R., Qian, Q., Song, X., Liu, X,, Yu, Y., et al. (2010). The rice dynamin-
related protein DRP2B mediates membrane trafficking, and thereby plays a
critical role in secondary cell wall cellulose biosynthesis. Plant J. 64, 56-70. doi:
10.1111/j.1365-313X.2010.04308.x

Yang, G., Gao, P,, Zhang, H., Huang, S., and Zheng, Z. L. (2007). A mutation
in MRH2 kinesin enhances the root hair tip growth defect caused by consti-
tutively activated ROP2 small GTPase in Arabidopsis. PLoS ONE 2:¢1074. doi:
10.1371/journal.pone.0001074

Yin, Y., Huang, J., and Xu, Y. (2009). The cellulose synthase superfamily in fully
sequenced plants and algae. BMC Plant Biol. 9:99. doi: 10.1186/1471-2229-9-99

Zambito, A. M., and Wolff, J. (1997). Palmitoylation of tubulin. Biochem. Biophys.
Res. Commun. 239, 650—654. doi: 10.1006/bbrc.1997.7525

Zambito, A. M., and Wolff, J. (2001). Plasma membrane localization of palmi-
toylated tubulin. Biochem. Biophys. Res. Commun. 283, 42—47. doi: 10.1006/
bbrc.2001.4735

Zarsky, V., Cvrckovd, E, Potocky, M., and Hala, M. (2009). Exocytosis and cell
polarity in plants—exocyst and recycling domains. New Phytol. 183, 255-272.
doi: 10.1111/j.1469-8137.2009.02880.x

Zarsky, V., Kulich, I., Fendrych, M., and Pecenkovd, T. (2013). Exocyst complexes
multiple functions in plant cells secretory pathways. Curr. Opin. Plant Biol. 16,
726-733. doi: 10.1016/j.pbi.2013.10.013

Zarsky, V., and Potocky, M. (2010). Recycling domains in plant cell morphogenesis:
small GTPase effectors, plasma membrane signalling and the exocyst. Biochem.
Soc. Trans. 38, 723-728. doi: 10.1042/BST0380723

Zhang, Q. Lin, F, Mao, T., Nie, J., Yan, M., Yuan, M., and Zhang, W. (2012). Phos-
phatidic acid regulates microtubule organization by interacting with MAP65-1
in response to salt stress in Arabidopsis. Plant Cell 24, 4555-4576. doi: 10.1105/
tpc.112.104182

Zhang, Y., Zhao, Z., and Xue, Y. (2009). Roles of proteolysis in plant self-
incompatibility. Annu. Rev. Plant Biol. 60, 21-42. doi: 10.1146/annurev.arplant.
043008.092108

Zhao, Y., Yan, A, Feijo, J. A., Furutani, M., Takenawa, T., Hwang, L, et al. (2010).
Phosphoinositides regulate clathrin-dependent endocytosis at the tip of pollen
tubes in Arabidopsis and tobacco. Plant Cell 22, 4031-4044. doi: 10.1105/tpc.
110.076760

Frontiers in Plant Science | Plant Cell Biology

February 2015 | Volume 6 | Article 51 | 14


http://www.frontiersin.org/Plant_Cell_Biology
http://www.frontiersin.org/Plant_Cell_Biology
http://www.frontiersin.org/Plant_Cell_Biology/archive

Onelli et al.

Microtubules and pollen tube growth

Zhu, C., and Dixit, R. (2012). Functions of the Arabidopsis kinesin superfamily
of microtubule-based motor proteins. Protoplasma 249, 887-899. doi: 10.1007/
500709-011-0343-9

Zonia, L., and Munnik, T. (2008). Vesicle trafficking dynamics and visualization
of zones of exocytosis and endocytosis in tobacco pollen tubes. J. Exp. Bot. 59,
861-873. doi: 10.1093/jxb/ern007

Zonia, L., and Munnik, T. (2004). Osmotically induced cell swelling versus cell
shrinking elicits specific changes in phospholipid signals in tobacco pollen tubes.
Plant Physiol. 134, 813-823. doi: 10.1104/pp.103.029454

Conflict of Interest Statement: The authors declare that the research was con-
ducted in the absence of any commercial or financial relationships that could be
construed as a potential conflict of interest.

Received: 14 November 2014; accepted: 20 January 2015; published online: 10
February 2015.

Citation: Onelli E, 1dilli AI and Moscatelli A(2015) Emerging roles for microtubules
in angiosperm pollen tube growth highlight new research cues. Front. Plant Sci. 6:51.
doi: 10.3389/fpls.2015.00051

This article was submitted to Plant Cell Biology, a section of the journal Frontiers in
Plant Science.

Copyright © 2015 Onelli, Idilli and Moscatelli. This is an open-access article dis-
tributed under the terms of the Creative Commons Attribution License (CC BY).
The use, distribution or reproduction in other forums is permitted, provided the
original author(s) or licensor are credited and that the original publication in this
journal is cited, in accordance with accepted academic practice. No use, distribution
or reproduction is permitted which does not comply with these terms.

www.frontiersin.org

February 2015 | Volume 6 | Article 51 | 15


http://dx.doi.org/10.3389/fpls.2015.00051
http://creativecommons.org/licenses/by/4.0/
http://www.frontiersin.org
http://www.frontiersin.org/Plant_Cell_Biology/archive

	Emerging roles for microtubules in angiosperm pollen tube growth highlight new research cues
	Introduction
	Microtubules and Vesicle/Endosome Trafficking
	Microtubules Affected Membrane Dynamics in the Apex
	Microtubule Motor Proteins in Pollen Tube Growth

	Microtubules and Cell Wall Deposition
	Pectin Secretion
	Cellulose Synthase Plasma Membrane Targeting
	Membrane Microdomains as Determinants of Cellulose Synthase Activity
	Callose Deposition

	Microtubules and Pollen Tube/Pistil Interaction
	Interactions Promoting Pollen Tube Growth
	Incompatibility Systems

	Conclusion
	References


