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Algae offer promising feedstocks for the production of renewable fuel and chemical
intermediates. However, poor outdoor winter cultivation capacity currently limits
deployment potential. In this study, 300 distinct algal strains were screened in saline
medium to determine their cultivation suitability during winter conditions in Mesa,
Arizona. Three strains, from the genera Micractinium, Chlorella, and Scenedesmus,
were chosen following laboratory evaluations and grown outdoors in 1000 L raceway
ponds during the winter. Strains were down-selected based on doubling time,
lipid and carbohydrate amount, final biomass accumulation capacity, cell size and
phylogenetic diversity. Algal biomass productivity and compositional analysis for lipids
and carbohydrates show successful outdoor deployment and cultivation under winter
conditions for these strains. Outdoor harvest-yield biomass productivities ranged
from 2.9 to 4.0 g/m2/day over an 18 days winter cultivation trial, with maximum
productivities ranging from 4.0 to 6.5 g/m2/day, the highest productivities reported
to date for algal winter strains grown in saline media in open raceway ponds. Peak
fatty acid levels ranged from 9 to 26% percent of biomass, and peak carbohydrate
levels ranged from 13 to 34% depending on the strain. Changes in the lipid and
carbohydrate profile throughout outdoor growth are reported. This study demonstrates
that algal strain screening under simulated outdoor environmental conditions in the
laboratory enables identification of strains with robust biomass productivity and biofuel
precursor composition. The strains isolated here represent promising winter deployment
candidates for seasonal algal biomass production when using crop rotation strategies.

Keywords: microalgae, algal biofuels, algae screening, algae composition, winter algae, outdoor winter
cultivation

INTRODUCTION

Algae are a promising source of renewable biomass that can be converted to biofuels and
bioproducts. Of the various terrestrial feedstocks currently grown at large scales, algae have
the potential to achieve orders of magnitude higher productivities and can be grown on land
not currently suitable for food production (Chisti, 2007). Algae can also mitigate the problems
associated with climate change by reducing the need to burn additional fossil fuels. In contrast to
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fossil fuels, algae utilize CO2 already in the atmosphere and can
potentially be integrated with power plants to consume CO2
emissions from the generation of electricity or other point source
CO2 emissions. Furthermore, many algae are able to use saline
or brackish water resources which should reduce costs and avoid
further demands on limited freshwater resources. Lastly, algae
can be grown throughout the calendar year in many locations.
However, despite the apparent promise of algal biomass, algae
have yet to be fully utilized at industrial scales, due in part to the
poor correlation of productivities measured in the laboratory to
outdoor performance and ultimately lack of cost competitiveness
with traditional petroleum-based fuel resources at current prices
(Sheehan et al., 1978; Quinn and Davis, 2015).

To realize the potential of algae, significant productivity
improvements are required (Quinn and Davis, 2015; Davis
et al., 2016). Cost and sustainability improvements can
be made through the use of halotolerant algae grown in
saltwater. This is due to the global abundance of saltwater
relative to limited freshwater resources, which is a critical
consideration for contemporary agriculture and sustainability.
Further improvements can be made if a seasonal crop rotation
strategy is employed. There is typically a substantial decrease
in algal productivities during the winter months at most
locations, and the identification and use of superior winter
strains will improve overall annual biomass yields if strains
better suited to outdoor growth in colder conditions are
deployed during this season (Sheehan et al., 1978; Quinn
et al., 2012; Quinn and Davis, 2015; White and Ryan, 2015;
Davis et al., 2016; Lammers et al., 2017). Unfortunately, it
is often difficult to identify strains in controlled laboratory
environments that can be successfully cultured outdoors. As
noted by Griffiths and Harrison (2009), outdoor productivities
are often diminished relative to laboratory yields due to the
more extreme dynamics and levels of outdoor temperatures
and light intensities, environmental conditions that are often
not replicated during strain selection indoors. Therefore, we
designed a growth system that better reflected the outdoor
environmental parameters of light and temperature and then
screened uncharacterized algal strains for isolates that perform
well under real-world fluctuating temperature and light to
identify strains with improved biomass productivities relative to
previously tested isolates.

Herein, we targeted identification of halotolerant algal
strains suitable for outdoor cultivation during winter for
the production of biofuels and bioproducts. To achieve this,
a previously uncharacterized algal culture collection was
screened under simulated outdoor winter conditions using a
seawater-based medium. As described by Elliott et al. (2012),
this collection comprising novel strains was established via
the isolation of algae from diverse water samples through
the southwestern United States. Utilizing a custom-built
photobioreactor, we screened this algal collection using
real-world winter pond temperature and photosynthetically
active radiation (PAR) inputs derived from 1000 L outdoor algal
ponds located in Mesa, Arizona. After screening in simulated
outdoor winter conditions, three diverse, high-potential,
down-selected strains were deployed outdoors to verify and

quantify their suitability for large scale biomass and biofuel
production.

MATERIALS AND METHODS

Culture Collection Screening
Preliminary screening efforts utilized a custom-built
photobioreactor capable of simulating the variations in
PAR and temperature common in outdoor raceway ponds.
This was achieved using a 73.4 L polycarbonate aquarium
(109.9 × 29.2 × 29.2 cm), connected to a programmable water
chiller/heater circulating pump (VWR, Model AP15R-30-V11B).
White LED (light emitting diode) lights (Lithonia, Model
IBH24000LMSD080MDMVOLTGZ1040K70CRICS93WWH)
illuminated both of the longer sides of the water bath, and
were connected to a programmable dimmer (Pulsar, Model
P02C1-375HS_SERIAL), this provided uniform lighting to
all culture tubes. Carbon dioxide was mixed with air to 2%
CO2 and delivered via rotameters to 36 individual tubes at
100 mL/min, which also provided aeration-mediated mixing
to the 100 mL cultures. A schematic of this PBR is available in
the Supplementary Material. Winter water temperature cycled
from 6 to 14◦C in a sinusoidal fashion daily which represents the
average temperatures measured in 1000 L elevated raceway ponds
at the Arizona Center for Algae Technology and Innovation
(AzCATI) testbed site located at Arizona State University in
Mesa Arizona from December 17th 2014 to January 28th 2015.
At the same time, PAR cycled from 0 to 965 µmol m−2 s−1,
over 9 h, followed by 15 h of darkness; this closely represented
the PAR conditions at outdoors ponds at the time and location
described above.

To initiate the screening process, 300 strains from diverse
environments were first evaluated for their ability to grow in
seawater-based media (defined below). Of the 300, 107 strains
were found to be halotolerant (growth in seawater-based media)
and were further screened in duplicate under simulated winter
conditions. In each screening run, approximately 35 unique
strains were each grown in single chambers, from a starting
optical density (750 nm) of 0.2. To compare the most promising
isolates, the top performing strains from each winter run were
run for a 3rd time to produce triplicate data. This represented 33
promising winter isolates chosen by the down-selection criteria
that included: doubling time, lipid and carbohydrate amount,
final biomass accumulation capacity, cell size and phylogenetic
diversity. During all runs, optical density (750 nm) was measured
over a time course (measurements every other day), from
which doubling time could be calculated, followed by endpoint
compositional analysis, which included analysis of moisture,
ash, lipid content as converted fatty-acid-methyl-esters (FAME),
and carbohydrates. The reported doubling time, calculated
during linear growth phase, includes time in which the lights
were off simulating night time (15 h a day), and thus is a
representation of a real-world winter doubling time including
light and temperature variation rather than the shortest doubling
time possible under ideal conditions. The cell size reported
was calculated by averaging 20 linear phase cells measured
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with a Nikon Eclipse Ci microscope, utilizing NID Elements
v. 4.40.00 software and calibrated with an improved Neubauer
hemocytometer; average and the respective standard deviation is
reported in the results.

The media used in screening was a modified f/2 formulation
(Guillard and Ryther, 1962). To seawater (Gulf of Maine, Bigelow
Laboratory) the following were added to the indicated final
concentration followed by addition of 12 M HCl to attain pH
8.0: NH4Cl (5.0 × 10−3 M), NaH2PO4·H2O (0.313 × 10−3 M),
Na2SiO3·9H2O (1.06 × 10−4 M), FeCl3·6H2O (1.17 × 10−5 M),
Na2EDTA·2H2O (1.17 × 10−5 M), CuSO4·5H2O (3.93 × 10−8

M), Na2MoO4·2H2O (2.60 × 10−8 M), ZnSO4·7H2O
(7.65 × 10−8 M), CoCl2·6H2O (4.20 × 10−8 M), MnCl2·4H2O,
(9.10 × 10−7 M), thiamine HCl (2.96 × 10−7 M), biotin
(2.05 × 10−9 M), cyanocobalamin (3.69 × 10−10 M), Tris base
(24.76× 10−3 M).

18s Sequencing
Phylogenetic sequencing was conducted using universal
eukaryotic primers to amplify the 18S rRNA gene. Reverse
primer, 1391RE 5-GGGCGGTGTGTACAARGRG-3 and
forward primer 360FE 5-CGGAGARGGMGCMTGAGA-3 were
used for all amplifications (Dawson and Pace, 2002). Colony
PCR was conducted wherein a single colony was picked from a
solid agar matrix, placed in 20 µL of Y-PER lysis buffer (Sigma),
boiled for 5 min, and diluted by addition of 150 µL of H2O. PCR
was carried out with 2 µL of the cell lysate, 25 µL of Q5 R© Hot
Start High-Fidelity 2X Master Mix (New England Biolabs), 18 µL
of H2O, and 2.5 µL each of the forward and reverse primers
(10 µM) (Packeiser et al., 2013). The thermocycler protocol is
as follows: 94◦C initial denature for 30 s, followed by 30 cycles
of 94◦C denaturation for 30 s, 63◦C annealing for 15 s, 72◦C
elongation for 1 min and 20 s, a 2 min final elongation at 72◦C
was utilized. The 18S amplicon was sequenced (Genewiz) and the
NCBI BLAST algorithm (NCBI Resource Coordinators, 2017)
used as an initial determination of speciation of the novel strains.
The above methods were also used to verify the speciation in
outdoor growth, DNA was extracted using a MasterPureTM

Yeast DNA Purification kit (Lucigen) from day 0 seed cultures,
lyophilized biomass samples, ultimately confirming correct
speciation via 18s sequences. 18s sequences were deposited into
the Sequence Read Archive, submission ID: SRP136934.

Outdoor Growth
Following down-selection via indoor screening, 3 promising
winter isolates 14-F2 (Micractinium reisseri), 4-C12 (Chlorella
vulgaris), and 46B-D3 (Scenedesmus rubescens) were deployed
outdoors utilizing the AzCATI testbed site located at Arizona
State University in Mesa Arizona during February of 2016.
Cultures were scaled up indoors using bubble columns
and 15 L flat panel reactors as described in McGowen
et al. (2017), and finally inoculated into 1000 L raceway
ponds at a 25 cm depth, with an area of 4.2 m2. Media
consisted of 35 g/L salinity achieved using Crystal Sea (Marine
Enterprises International), 2.14 mM ammonium chloride and
0.134 mM phosphate (NaH2PO4·H2O). Trace metals were added
to the following final concentrations (standard f/2 media),

FeCl3·6H2O (1.17× 10−5 M), Na2EDTA·2H2O (1.17× 10−5 M),
CuSO4·5H2O (3.93 × 10−8 M), Na2MoO4·2H2O (2.60 × 10−8

M), ZnSO4·7H2O (7.65 × 10−8 M), CoCl2·6H2O (4.20 × 10−8

M), MnCl2·4H2O, (9.10 × 10−7 M). Inoculation density was
targeted at 0.05 g/L of algal biomass, and sodium carbonate was
added as necessary to control the pH drop due to consumption
of NH3 from the added NH4Cl. Pond pH was adjusted to 7.9
via a pH controller connected to a solenoid delivering CO2
gas, and PAR was measured continuously with a LiCor LI-190R
quantum pyranometer (McGowen et al., 2017). Freshwater was
added prior to sampling to account for evaporative loses. Biomass
samples for analysis were taken in the morning (07:30–08:00),
except for inoculation biomass which was sampled at (15:00).
Qualitative microscopic examination of outdoor cultures was
conducted periodically to assess contamination. In order to
compare strains, two productivity metrics were used. The
first was productivity calculated during linear phase growth,
termed maximum productivity here. The second, harvest-yield
productivity, is a measure of the net productivity over the course
of the entire cultivation trial, which includes the lag, linear, and
stationary culturing phases. The end of the harvest-yield was
chosen when cultures were not adding significant biomass during
the day, and nutrients had not been measurable for multiple days
in the media.

Ash Free Dry Weight,
Fatty-Acid-Methyl-Ester, and
Carbohydrate Analysis
Compositional analysis for ash (Van Wychen and Laurens,
2013b), FAME (Laurens et al., 2012; Van Wychen and Laurens,
2013a), and carbohydrate (Templeton et al., 2012; Van Wychen
and Laurens, 2013c) were conducted as previously reported.
Briefly, residual moisture after lyophilization was determined
by heating of pre-weighed algal biomass at 40◦C for at least
18 h, followed by ash analysis by ramping at 20◦C/min to
575◦C, and held for 180 min. FAME analysis was conducted
by transesterification of 10 mg of lyophilized algal biomass
in 200 µL chloroform:methanol (2:1 v/v) and 300 µL 0.6M
HCl:methanol (2.1% v/v) at 85◦C for 1 h. FAMEs were extracted
with 1.0 mL hexane and analyzed via a gas chromatograph
with flame ionization detection (Agilent 7890A equipped with
a split/splitless inlet and an Agilent J&W GC Column DB-Wax
30 m × 0.25 mm × 0.25 µm). Tridecanoic acid methyl ester
(C13:0ME) was used as an internal standard. Carbohydrates were
determined by hydrolysis of 25 mg lyophilized biomass with
250 µL of 72% (w/w) sulfuric acid at 30◦C for 1 h, followed by
dilution with 7 mL of water and autoclaving for 1 h at 121◦C.
Samples were filtered through a 0.2 µm nylon filter, and subjected
to high pressure anion exchange liquid chromatography with
pulsed amperometric detection on a PA-20 column (Thermo
Scientific – Dionex ICS-5000 + Analytical HPIC System). For
outdoor cultivation, ash free dry weight (AFDW) was tracked
throughout outdoor growth using the methodology described in
McGowen et al. (2017), which involved filtering the algal culture
through a pre-weighed glass microfiber filter followed by drying,
ashing and re-weighing. Three independent trials (biological
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triplicates) were conducted for all analyses; average and standard
deviations were obtained for replicates.

RESULTS

Indoor Screening
Initial down-selection involved screening for the ability of 300
strains to grow in saline media, as the algae were collected
from diverse water sources with varied salinity. Of these
300, 107 showed growth in saline media, and were thus
subjected to more detailed growth analysis as described in the
methods. All data generated from this screening is available in
the Supplementary Material, of the 107 halotolerant strains
screened only 69 grew under the simulated winter conditions.
Supplementary Table S1 shows the primary metrics used to
determine further down-selection of the 107 strains, including
biomass accumulation, FAME and carbohydrate content, and
doubling time. Of the strains deployed outdoors, strain 14-F2
showed the highest net biomass accumulation (2.32 g/L) and
shortest doubling time (∼40 h, including the dark period).
Strain 4-C12 showed the highest FAME percentage (∼37%).
Strain 46B-D3 had both the largest cell size (∼12 µm)
and carbohydrate percentage (∼30%), along with a relatively
rapid auto settling capacity and carotenogenesis (data not
shown). When choosing which strains to deploy, outdoor
biomass productivity and composition were used as primary
selection criteria, however, qualitative observations of cell size,
morphology, and auto settling capacity were also utilized to
ensure a diverse set of organisms were cultivated outdoors. The
diversity is ultimately reflected in the genus level speciation of
the strains grown outdoors, 14-F2 (Micractinium reisseri), 4-C12
(Chlorella vulgaris), 46B-D3 (Scenedesmus rubescens); along with
their respective cell sizes, 4.2± 0.5, 5.7± 0.7, and 11.7± 1.6 µm.

We attempted to use Nannochloropsis salina (CCMP 1776) as a
baseline control in all down-selection trials. Nannochloropsis sp.
are widely regarded as industrially relevant for outdoor growth
due to their relatively high productivities, high lipid content, and
stability during outdoor cultivation (Guillard and Ryther, 1962;
Griffiths and Harrison, 2009; Rodolfi et al., 2009; Bondioli et al.,
2012; Quinn et al., 2012; Neofotis et al., 2016; Lammers et al.,
2017). Furthermore, the United States Department of Energy
recently defined the winter strain state of technology based upon
Nannochloropsis oceanica (KA32) productivity (Office of Energy
Efficiency Renewable Energy, 2017). Notably, Nannochloropsis
salina and Nannochloropsis oceanica failed to grow under the
simulated winter growth conditions employed here, likely due
to the extreme cold temperatures employed. This observation
further underscores the need for improved winter cultivation
strains.

Outdoor Deployment
Due to the highly controlled nature of indoor laboratory
screening, which shields algae from many outdoor environmental
stresses, the top winter strains were grown outside in Mesa
Arizona at the AzCATI testbed site to determine whether the
down-selected strains can be successfully cultivated outdoors

during the winter growing season. Briefly, strains were cultivated
in 1000 L raceway ponds during February 2016, which led
to a cold start to cultivation as discussed below, providing a
well-suited winter experiment, which tested the extreme cold
tolerance of the strains.

Overall harvest-yield biomass productivities were greatest
for both 14-F2 and 4-C12, with productivities of 4.0 and
3.8 g/m2/day, respectively. Strain 46B-D3 showed the lowest
productivity of 2.9 g/m2/day (Figure 1). Maximum productivities
showed a similar trend, however were naturally greater, as this
excluded the∼6 days long lag phase (Figure 1). It is interesting to
note that indoor biomass titers were as high as 2.32 g/L, whereas
outdoor titers only reached 0.295 g/L (Supplementary Table S1
and Supplementary Figure S1). This represents approximately
an order of magnitude change in biomass titers from indoor
to outdoor cultivation, underscoring the need to assess strains
under real world outdoor conditions. Qualitative microscopic
examination of outdoor cultures indicated negligible amounts
of contaminating organisms in comparison to the alga of
interest. It is important to note that the strains were grown
in relatively cold temperatures, mostly varying between 10
and 20◦C, with a cold minimum (0◦C) early in cultivation
(Figure 3). Additionally, the lower winter light duration and
intensities tend to decrease growth rates and lipid content
(Khotimchenko and Yakovleva, 2005). Actual light intensities
measured during the experiment are shown in Figure 3.
PAR peaked at approximately 1475 µmol photons/m2s, with
measurable light for ∼10.5 h each day and 13.5 h of darkness.
Ammonium and phosphate consumption correlated with algal
growth. Ammonium concentration in the media was not
detectable at day 9 for strains 4-C12 and 14-F2, and at day 12 for
46B-D3, with phosphate concentrations showing a similar trend
(Figure 3). Significant biomass accumulation was observed after
nutrients were depleted, indicating active carbon assimilation and
photosynthesis (Figure 1). As seen in Figure 2, the percentages of
FAMEs and carbohydrates begins to increase at the approximate
time that nutrients are depleted in the media, however, carbon
fixation continues after this as AFDW continues to increase.
Putative chlorophyll degradation was observed for all strains
grown outdoors, as evident by a decrease in 680 nm/750 nm
absorption ratios (data not shown).

Perhaps most notable, considering the growth conditions,
is the demonstration of a relatively high lipid state in two of
the strains grown outdoors, 14-F2 and 4-C12, which showed
peak FAME percentages of 22.5 and 25.8, and titers of 0.066
and 0.072 g/L, respectively (Figure 2). As shown in Figure 4,
lipids contained almost exclusively 16 and 18 long carbon chains
with varying degrees of unsaturation depending on the strain
and time point. The change in fatty acid chain lengths for
all strains was quite dramatic from inoculation to endpoint
harvest, with a substantial decrease in 16:2 and 18:2 chain lengths
after inoculation. Concurrently, a decrease in their respective
saturation was observed. The increase in lipids for strains 14-F2
and 4-C12 was primarily due to accumulation of 18:1, 18:2, and
16:0 fatty acids, as shown in Figure 4. Strain 46B-D3 did not
display an increase in lipid accumulation under the conditions
tested.
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FIGURE 1 | (Left) Ash-Free Dry Weight accumulation and (right) areal productivities for strains cultivated outdoors during the winter month of February 2016
(1st–19th). Maximum productivity is calculated from the steepest portion of growth curve, while harvest-yield productivity measures all biomass accumulated up to
day 18. Average and standard deviation error bars are from 3 biological replicates.

FIGURE 2 | FAME and Carbohydrate analysis of strains grown outdoors during the winter month of February 2016 (1st–19th). Average and standard deviation error
bars are from 3 biological replicates.

Total carbohydrate accumulation is shown in Figure 2,
which demonstrates that the down-selected strains are capable
of accumulating high levels of total carbohydrates during

winter months. Strains 14-F2 and 46B-D3 have the highest
carbohydrate titers at ∼0.07 g/L at day 18, with 46B-D3 having
the highest carbohydrate percentage at ∼34%. Figure 4 shows
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FIGURE 3 | Nitrogen (as ammonium) depletion of strains grown outdoors during the winter month of February 2016 (1st–19th) (Top Left). Phosphate depletion of
strains grown outdoors under winter conditions (Bottom Left). Representative change in temperature of ponds throughout the experiment (Top Right). Representative
change in PAR of ponds throughout the experiment (Bottom Right). Average and standard deviation error bars are from 3 biological replicates.

the sugar monomer content of hydrolyzed biomass. Glucose is
heavily represented, however, measurable amounts of galactose,
rhamnose, ribose and mannose are also present depending on
the strain and time point. Notably,∼40–60% of the carbohydrate
fraction or 13% of the biomass in 46B-D3 is mannose. The
most dramatic changes in sugar monomer profiles for all strains
were observed at 7 days after inoculation into the outdoor
raceway ponds when the strains were beginning to exit from their
initial lag phase and entering maximum productivity. After this
time, the carbohydrate profiles of each of the strains trended
back toward the initial inoculation profile. All strains showed
depletion in the amount of glucose from days 0 to 7. At day
7, strains 14-F2 and 4-C12 were largely composed of galactose
in regard to sugar monomers; at the same time strain 46B-D3
was composed largely of mannose and glucose in regard to sugar
monomers (Figure 4).

Another important observation to note is the relatively high
FAME and carbohydrate percentages of the seed culture used
to inoculate the raceway ponds, likely representing an early
stationary phase culture (Figure 2). This is putatively due to
the seed cultures being grown in flat panel photobioreactors
with a decreased light path, allowing greater light saturation,

and in turn, accumulation of energy storage molecules. Figure 2
clearly shows these energy storage molecules are utilized for cell
growth and maintenance upon inoculation into the ponds with
fresh media; as the percentages of both FAME and carbohydrates
decrease from the time of inoculation to day 7. In fact, total
carbohydrates (g/L) decreased for all strains from day 0 to 7.
The cold temperatures the cultures experienced from days 0 to
6, likely required remobilization and utilization of stored carbon
to survive (Figure 3).

DISCUSSION

Indoor Screening
Both lipids and carbohydrates provide potential precursors
for biofuels and bioproducts. Lipids can be directly converted
to hydrocarbon-based fuels, whereas carbohydrates can be
converted to fuel substitutes or valuable coproducts via
fermentation in a CAP (combined algal processing) approach,
and thus add additional value to algal biomass (Dong et al.,
2015). It is clear that many algae can attain a high percentage of
storage carbon, however, this metric alone does not necessarily
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FIGURE 4 | Carbohydrate and FAME profile of strains grown outdoors during the winter month of February 2016 (1st–19th), x axis lists the strain and time in days.
Average and standard deviation error bars are from 3 biological replicates.

predict overall lipid productivity on a volume or areal basis.
Furthermore, it is well documented that outdoor growth in
ponds does not necessarily correlate with the extremely high lipid
storage state that is often observed in a laboratory setting or by the
use of photobioreactors (PBRs) (Unkefer et al., 2016; Lammers
et al., 2017). Therefore, both doubling time and overall biomass
accumulation along with storage carbon percentage were used as
selection criteria when deciding which strains would be deployed
for outdoor testing.

Although the above criteria (as shown in Supplementary
Table S1) were the most heavily factored attributes used in
the down-selection process, other assets including organismal
diversity, cell size, auto settling capacity, and the ability of strains
to accumulate high value co-products, were also considered. With
respect to diversity, it was hypothesized that moving forward
exclusively with highly similar isolates could lead to common
outdoor growth outcomes. For example, it is reported that
many Chlorella isolates rapidly drop in productivity, ultimately
requiring fresh inoculum in outdoor trials due to problems
associated with predation and contaminating organisms, such
as Vampirovibrio chlorellavorus (Coder and Starr, 1978; Ganuza
et al., 2016). As such, genus level diversity was targeted in the
final down-selection. Cell size and morphology is suggested to

be a mechanism that algae use to avoid predation; therefore
cells with unusually large cell size, or the tendency to clump or
stack may be preferable for outdoor cultivation despite slightly
lower productivities measured in the laboratory (Porter, 1973;
National Alliance for Advanced Biofuels Bio-Products, 2014;
White and Ryan, 2015). Algal morphological alterations have
been observed in response to predation/predator infochemicals.
Thus, sterile lab conditions may not correlate to the actual
morphology observed during pond deployment, as previously
reported for Scenedesmaceae and Micractinium (Luo et al., 2006;
Yang et al., 2008; Wu et al., 2013), hence the logic in choosing
these genera for the outdoor deployment reported here. The
ability to avoid predation by this mechanism is simply conferred
by the algal cell’s ability to become too large for many predator
classes to consume. Another important metric is settling time,
as this allows for greatly reduced volumes of water containing
algae that need to be processed during dewatering. Gravity
sedimentation is a relatively cheap primary harvesting technique
that can concentrate algal biomass to 1.5% TSS (total suspended
solids), from an initial TSS of ∼0.04% (Uduman et al., 2010).
Deploying strains that inherently settle out of solution quickly
could bypass the need for additional bio or chemical based
flocculation, which contributes to the operational expenses of an
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algal farm, ultimately reducing final production costs (Brennan
and Owende, 2010; Chen et al., 2011). The ability of strains
to accumulate carotenoids or high value polyunsaturated fatty
acids was also considered as these are generally considered high
value co-products, which could be used to increase the cost
competitiveness of algal biofuels (Brennan and Owende, 2010).
A number of strains were noted to produce the high value
omega 3 fatty acids, EPA (eicosapentaenoic acid) and DHA
(docosahexaenoic acid); unfortunately, these strains displayed
relatively low productivities under the tested conditions and were
therefore not pursued past initial screening.

Outdoor Deployment
The data presented here validated the indoor screening and
selection methodology, with the down-selected strains showing
growth and composition suitable for biofuel and bioproducts
production when considering the cold temperatures of the ponds
(Figures 1–3). These data represent the highest productivities
reported to date for algal winter strains grown in saline media in
open raceway ponds. This is in comparison to the productivities
reported by McGowen et al. (2017), wherein similar cultivation
conditions were utilized to grow N. oceanica (KA32). As
discussed above, storage carbon accumulation and chlorophyll
degradation correlate with nutrient depletion, however, carbon
fixation continued, as reflected by AFDW increase. This suggests
the cells are initiating a nutrient deprivation response once the
nutrients in the media are depleted, despite the fact there are
sequestered nutrients in the cells. This is supported by Li et al.
(2008), wherein the authors postulated that nitrogen containing
compounds such as chlorophyll are remobilized as a nitrogen
source for cell growth once nitrogen in the media is depleted.
These authors observed chlorophyll depletion despite continued
biomass accumulation (Li et al., 2008) and reported a doubling of
biomass after nitrogen depletion in the media, which is similar to
the results obtained in this study.

4-C12 and 14-F2 show a clear increase in the percentages
of specific fatty acid chains lengths, likely due to nitrogen
limitation (Figure 4), an essential attribute for successful biofuel
production. There is clearly a distinct FAME profile when the
strains are grown in the indoor flat panel photobioreactors, which
were used to generate the starting seed culture (t = 0 in Figure 4)
as this initial profile is not recapitulated in the outdoor raceway
ponds, likely due to variations in pond temperature and light
intensity in comparison to the photobioreactors. From days 0
to 7 there is a marked increase in unsaturated lipids, as C16:2
appears to be replaced by C16:3 or C16:4 depending on the strain;
simultaneously C18:2 is replaced by C18:3. This observation of an
increase in unsaturation at cold temperatures is well documented
in the literature for a variety of organisms (Neidleman, 1987;
Upchurch, 2008; Sheng et al., 2011).

Although carbohydrates are not as easily utilized for biofuels
relative to lipids, they represent an important fraction of
biomass that can be fermented to fuels and/or higher value
products. The dramatic changes in glucose content is likely
due to the utilization of glucose for cell division, maintenance,
and coping with the relatively cold temperatures from days 0
to 7 (Figure 3). This is supported by the increased glucose

percentages after day 7, likely due to the accumulation of
carbohydrates for energy storage. Galactose and mannose
may contribute to the cell wall composition as suggested by
Blumreisinger et al. and Takeda (Blumreisinger et al., 1983;
Takeda, 1991); the portions of rhamanose (14-F2) and ribose
(4-C12 and 14-F2) likely represent other structural components
of the cell, or for the case of ribose, Calvin-Benson cycle
intermediates and nucleic acids. A mannose polysaccharide
may be used as an energy store and cell wall constituent in
strain 46B-D3, given the comparatively high mannose percentage
(Northcote et al., 1958). Determining the exact nature of the
mannose quantified will be addressed in future research as non-
starch based polysaccharides have a variety of industrial uses
(Brummer et al., 2003; Abd Alla et al., 2012; Barati and Liang,
2014).

As noted above, relatively high storage carbon percentages
were observed in seed cultures used to inoculate the raceway
ponds, likely representing an early stationary phase culture.
Inoculation of cells with relatively high stored energy reserves
could prove useful as the cells will have the energy needed to
quickly adapt to the new conditions present in the pond. The
physiological status (growth phase and biomass composition,
i.e., degree of lipid unsaturation) of seed cultures represents
an area of future research optimization as cells that experience
a reduced initial transfer shock as the algae are transitioned
from a photobioreactor to a pond, will likely have increased
productivities.

The winter productivity data reported here are unique
in that metrics for biomass, along with the associated lipid
and carbohydrate composition are reported under real world
deployment conditions. Furthermore, algal ponds were used for
growth, which is significant as techno-economic analysis has
suggested that for algal biofuels to be cost competitive with
traditional petroleum sources, algal ponds should be employed
due to the low capital expenditure relative to photobioreactors
(Davis et al., 2011; Quinn and Davis, 2015). Additionally, there
is an economic benefit in using low-cost saline media, as well
as positive attributes associated with the sustainability of saline
water when compared to freshwater resources. The data herein
provide a rare data set of algal composition and productivity
during the winter growth season that researchers can utilize in
techno-economic analysis.

Our data demonstrate that algal strain screening under
simulated outdoor environmental conditions enables
identification of strains with robust biomass productivity
and biofuel precursor composition. This can be especially useful
in future efforts as algae could be cultivated in a variety of
geographic locations representing unique temperature and light
regimes, along with other environmental variables. Importantly,
we have identified a series of halotolerant strains with the highest
productivities reported to date for algal winter strains grown in
saline media in open raceway ponds, with biomass compositions
useful for biofuels and bioproducts. These strains represent
promising candidates for further development and deployment.
Future studies will focus on optimization of culture conditions,
down-selection of superior summer strains, and generation of
facile genetic toolkits for these promising halotolerant algae.

Frontiers in Plant Science | www.frontiersin.org 8 October 2018 | Volume 9 | Article 1513

https://www.frontiersin.org/journals/plant-science/
https://www.frontiersin.org/
https://www.frontiersin.org/journals/plant-science#articles


fpls-09-01513 October 25, 2018 Time: 15:3 # 9

Dahlin et al. Winter Seasonal Deployment of Halotolerant Microalgae

DATA AVAILABILITY

The raw data supporting the conclusions of this manuscript will
be made available by the authors, without undue reservation, to
any qualified researcher.

AUTHOR CONTRIBUTIONS

LD, MP, and MG conducted experimental design and wrote
the manuscript. LD performed strain screening, characterization,
and down-selection. SVW directed FAME and carbohydrate
analysis. HG and JM directed the outdoor deployment. All
authors reviewed and revised the manuscript.

FUNDING

This research was supported by the Department of Energy,
Office of Energy Efficiency and Renewable Energy (EERE) under
Agreement No. 22000. The views and opinions of the authors
expressed herein do not necessarily state or reflect those of the
United States Government or any agency thereof. Neither the
United States Government nor any agency thereof, nor any of
their employees, makes any warranty, expressed or implied, or

assumes any legal liability or responsibility for the accuracy,
completeness, or usefulness of any information, apparatus,
product, or process disclosed, or represents that its use would not
infringe privately owned rights.

ACKNOWLEDGMENTS

We would like to thank Nick Sweeney (National Renewable
Energy Laboratory, NREL) for contributions to culture and
facilities maintenance, Jeff Wolfe (NREL) for assistance with
FAME analyses, and Theresa Rosov and Thomas Dempster
(Arizona Center for Algae Technology and Innovation) for their
contributions to outdoor cultivation.

SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found
online at: https://www.frontiersin.org/article/10.3389/fpls.2018.
01513/full#supplementary-material

FIGURE S1 | Photobioreactor schematic for mid-throughput, simulated outdoor
screening of algal cultivars.

TABLE S1 | Algal down-selection criteria.

REFERENCES
Abd Alla, S. G., Sen, M., and El-Naggar, A. W. M. (2012). Swelling and

mechanical properties of superabsorbent hydrogels based on Tara gum/acrylic
acid synthesized by gamma radiation. Carbohydr. Polym. 89, 478–485.
doi: 10.1016/j.carbpol.2012.03.031

Barati, R., and Liang, J.-T. (2014). A review of fracturing fluid systems used for
hydraulic fracturing of oil and gas wells. J. Appl. Polym. Sci. 131:40735.

Blumreisinger, M., Meindl, D., and Loos, E. (1983). Cell wall composition of
chlorococcal algae. Phytochemistry 22, 1603–1604. doi: 10.1016/0031-9422(83)
80096-X

Bondioli, P., Della Bella, L., Rivolta, G., Chini Zittelli, G., Bassi, N., Rodolfi, L., et al.
(2012). Oil production by the marine microalgae Nannochloropsis sp. F&M-
M24 and Tetraselmis suecica F&M-M33. Bioresour. Technol. 114, 567–572.
doi: 10.1016/j.biortech.2012.02.123

Brennan, L., and Owende, P. (2010). Biofuels from microalgae-A review of
technologies for production, processing, and extractions of biofuels and co-
products. Renew. Sustain. Energy Rev. 14, 557–577. doi: 10.1016/j.rser.2009.
10.009

Brummer, Y., Cui, W., and Wang, Q. (2003). Extraction, purification and
physicochemical characterization of fenugreek gum. Food Hydrocoll. 17,
229–236. doi: 10.1016/S0268-005X(02)00054-1

Chen, C. Y., Yeh, K. L., Aisyah, R., Lee, D. J., and Chang, J. S. (2011). Cultivation,
photobioreactor design and harvesting of microalgae for biodiesel production:
a critical review. Bioresour. Technol. 102, 71–81. doi: 10.1016/j.biortech.2010.
06.159

Chisti, Y. (2007). Biodiesel from microalgae. Biotechnol. Adv. 25, 294–306.
doi: 10.1016/j.biotechadv.2007.02.001

Coder, D. M., and Starr, M. P. (1978). Antagonistic association of the
chlorellavorus bacterium (“Bdellovibrio” chlorellavorus) with Chlorella vulgaris.
Curr. Microbiol. 1, 59–64. doi: 10.1007/BF02601710

Davis, R., Aden, A., and Pienkos, P. T. (2011). Techno-economic analysis of
autotrophic microalgae for fuel production. Appl. Energy 88, 3524–3531.
doi: 10.1016/j.apenergy.2011.04.018

Davis, R., Markham, J., Kinchin, C., Grundl, N., Tan, E. C. D., and Humbird, D.
(2016). Process Design and Economics for the Production of Algal Biomass: Algal

Biomass Production in Open Pond Systems and Processing Through Dewatering
for Downstream Conversion. Available at: http://www.nrel.gov/docs/fy16osti/
64772.pdf [accessed April 12, 2017].

Dawson, S. C., and Pace, N. R. (2002). Novel kingdom-level eukaryotic diversity in
anoxic environments. Proc. Natl. Acad. Sci. U.S.A. 99, 8324–8329.

Dong, T., Knoshaug, E. P., Davis, R., Laurens, L. M. L., Van Wychen, S., Pienkos,
P. T., et al. (2015). Combined algal processing: a novel integrated biorefinery
process to produce algal biofuels and bioproducts. Algal Res. 19, 316–323.
doi: 10.1016/j.algal.2015.12.021

Elliott, L. G., Feehan, C., Laurens, L. M. L., Pienkos, P. T., Darzins, A., and
Posewitz, M. C. (2012). Establishment of a bioenergy-focused microalgal
culture collection. Algal Res. 1, 102–113. doi: 10.1016/j.algal.2012.05.002

Ganuza, E., Sellers, C. E., Bennett, B. W., Lyons, E. M., and Carney, L. T. (2016).
A novel treatment protects Chlorella at commercial scale from the predatory
bacterium Vampirovibrio chlorellavorus. Front. Microbiol. 7:848. doi: 10.3389/
fmicb.2016.00848

Griffiths, M. J., and Harrison, S. T. L. (2009). Lipid productivity as a key
characteristic for choosing algal species for biodiesel production. J. Appl. Phycol.
21, 493–507. doi: 10.1007/s10811-008-9392-7

Guillard, R. R. L., and Ryther, J. H. (1962). Studies of marine planktonic diatoms:
i. cyclotella nana hustedt, and detonula confervacea (cleve) gran. Can. J.
Microbiol. 8, 229–239. doi: 10.1139/m62-029

Khotimchenko, S. V., and Yakovleva, I. M. (2005). Lipid composition of
the red alga Tichocarpus crinitus exposed to different levels of photon
irradiance. Phytochemistry 66, 73–79. doi: 10.1016/j.phytochem.2004.
10.024

Lammers, P. J., Huesemann, M., Boeing, W., Anderson, D. B., Arnold, R. G.,
Bai, X., et al. (2017). Review of the cultivation program within the National
Alliance for advanced biofuels and bioproducts. Algal Res. 22, 166–186.
doi: 10.1016/j.algal.2016.11.021

Laurens, L. M. L., Quinn, M., Van Wychen, S., Templeton, D. W., and Wolfrum,
E. J. (2012). Accurate and reliable quantification of total microalgal fuel
potential as fatty acid methyl esters by in situ transesterification. Anal. Bioanal.
Chem. 403, 167–178. doi: 10.1007/s00216-012-5814-0

Li, Y., Horsman, M., Wang, B., Wu, N., and Lan, C. Q. (2008). Effects of
nitrogen sources on cell growth and lipid accumulation of green alga Neochloris

Frontiers in Plant Science | www.frontiersin.org 9 October 2018 | Volume 9 | Article 1513

https://www.frontiersin.org/article/10.3389/fpls.2018.01513/full#supplementary-material
https://www.frontiersin.org/article/10.3389/fpls.2018.01513/full#supplementary-material
https://doi.org/10.1016/j.carbpol.2012.03.031
https://doi.org/10.1016/0031-9422(83)80096-X
https://doi.org/10.1016/0031-9422(83)80096-X
https://doi.org/10.1016/j.biortech.2012.02.123
https://doi.org/10.1016/j.rser.2009.10.009
https://doi.org/10.1016/j.rser.2009.10.009
https://doi.org/10.1016/S0268-005X(02)00054-1
https://doi.org/10.1016/j.biortech.2010.06.159
https://doi.org/10.1016/j.biortech.2010.06.159
https://doi.org/10.1016/j.biotechadv.2007.02.001
https://doi.org/10.1007/BF02601710
https://doi.org/10.1016/j.apenergy.2011.04.018
http://www.nrel.gov/docs/fy16osti/64772.pdf
http://www.nrel.gov/docs/fy16osti/64772.pdf
https://doi.org/10.1016/j.algal.2015.12.021
https://doi.org/10.1016/j.algal.2012.05.002
https://doi.org/10.3389/fmicb.2016.00848
https://doi.org/10.3389/fmicb.2016.00848
https://doi.org/10.1007/s10811-008-9392-7
https://doi.org/10.1139/m62-029
https://doi.org/10.1016/j.phytochem.2004.10.024
https://doi.org/10.1016/j.phytochem.2004.10.024
https://doi.org/10.1016/j.algal.2016.11.021
https://doi.org/10.1007/s00216-012-5814-0
https://www.frontiersin.org/journals/plant-science/
https://www.frontiersin.org/
https://www.frontiersin.org/journals/plant-science#articles


fpls-09-01513 October 25, 2018 Time: 15:3 # 10

Dahlin et al. Winter Seasonal Deployment of Halotolerant Microalgae

oleoabundans. Appl. Microbiol. Biotechnol. 81, 629–636. doi: 10.1007/s00253-
008-1681-1

Luo, W., Pflugmacher, S., Pröschold, T., Walz, N., and Krienitz, L. (2006). Genotype
versus phenotype variability in chlorella and micractinium (Chlorophyta,
Trebouxiophyceae). Protist 157, 315–333. doi: 10.1016/j.protis.2006.05.006

McGowen, J., Knoshaug, E. P., Laurens, L. M. L., Dempster, T. A., Pienkos,
P. T., Wolfrum, E., et al. (2017). The Algae Testbed Public-Private Partnership
(ATP3) framework; establishment of a national network of testbed sites to
support sustainable algae production. Algal Res. 25, 168–177. doi: 10.1016/j.
algal.2017.05.017

National Alliance for Advanced Biofuels Bio-Products (2014). Final Report Section
II. 197 Washington, DC: National Alliance for Advanced Biofuels Bio-Products.

NCBI Resource Coordinators (2017). Database resources of the national center for
biotechnology information. Nucleic Acids Res. 45, D12–D17. doi: 10.1093/nar/
gkw1071

Neidleman, S. (1987). Effects of temperature on lipid unsaturation. Biotechnol.
Genet. Eng. Rev. 5, 245–268.

Neofotis, P., Huang, A., Sury, K., Chang, W., Joseph, F., Gabr, A., et al. (2016).
Characterization and classification of highly productive microalgae strains
discovered for biofuel and bioproduct generation. Algal Res. 15, 164–178.
doi: 10.1016/j.algal.2016.01.007

Northcote, D. H., Goulding, K. J., and Horne, R. W. (1958). The chemical
composition and structure of the cell wall of Chlorella pyrenoidosa. Biochem.
J. 70, 391–397.

Office of Energy Efficiency Renewable Energy (2017). Productivity Enhanced Algae
and Tool-Kits. Washington, DC: Office of Energy Efficiency Renewable Energy

Packeiser, H., Lim, C., Balagurunathan, B., Wu, J., and Zhao, H. (2013). An
extremely simple and effective colony pcr procedure for bacteria, yeasts, and
microalgae. Appl. Biochem. Biotechnol. 169, 695–700. doi: 10.1007/s12010-012-
0043-8

Porter, K. G. (1973). Selective grazing and differential digestion of algae by
zooplankton. Nature 244, 179–180. doi: 10.1038/244179a0

Quinn, J. C., and Davis, R. (2015). The potentials and challenges of algae based
biofuels: a review of the techno-economic, life cycle, and resource assessment
modeling. Bioresour. Technol. 184, 444–452. doi: 10.1016/j.biortech.2014.
10.075

Quinn, J. C., Yates, T., Douglas, N., Weyer, K., Butler, J., Bradley, T. H., et al. (2012).
Nannochloropsis production metrics in a scalable outdoor photobioreactor
for commercial applications. Bioresour. Technol. 117, 164–171. doi: 10.1016/j.
biortech.2012.04.073

Rodolfi, L., Zittelli, G. C., Bassi, N., Padovani, G., Biondi, N., Bonini, G., et al.
(2009). Microalgae for oil: strain selection, induction of lipid synthesis and
outdoor mass cultivation in a low-cost photobioreactor. Biotechnol. Bioeng. 102,
100–112. doi: 10.1002/bit.22033

Sheehan, J., Dunahay, T., Benemann, J., and Roessler, P. (1978). Look back at
the U. S. Department of Energy’s Aquatic Species Program: Biodiesel from
Algae. Technical Report REL/TP-580-24190. Golden, CO: National Renewable
Energy Lab.

Sheng, J., Kim, H. W., Badalamenti, J. P., Zhou, C., Sridharakrishnan, S.,
Krajmalnik-Brown, R., et al. (2011). Effects of temperature shifts on growth

rate and lipid characteristics of Synechocystis sp. PCC6803 in a bench-
top photobioreactor. Bioresour. Technol. 102, 11218–11225. doi: 10.1016/J.
BIORTECH.2011.09.083

Takeda, H. (1991). Sugar composition of the cell wall and the taxonomy of chlorella
pdf. J. Phycol. 27, 224–232. doi: 10.1111/j.0022-3646.1991.00224.x

Templeton, D. W., Quinn, M., Van Wychen, S., Hyman, D., and Laurens,
L. M. L. (2012). Separation and quantification of microalgal carbohydrates.
J. Chromatogr. A 1270, 225–234. doi: 10.1016/j.chroma.2012.10.034

Uduman, N., Qi, Y., Danquah, M. K., Forde, G. M., and Hoadley, A. (2010).
Dewatering of microalgal cultures: a major bottleneck to algae-based fuels.
J. Renew. Sustain. Energy 2:012701. doi: 10.1063/1.3294480

Unkefer, C. J., Sayre, R. T., Magnuson, J. K., Anderson, D. B., Baxter, I., Blaby, I. K.,
et al. (2016). Review of the algal biology program within the National Alliance
for advanced biofuels and bioproducts. Algal Res. 22, 187–215.

Upchurch, R. G. (2008). Fatty acid unsaturation, mobilization, and regulation in
the response of plants to stress. Biotechnol. Lett. 30, 967–977. doi: 10.1007/
s10529-008-9639-z

Van Wychen, S., and Laurens, L. M. L. (2013a). Determination of Total Lipids as
Fatty Acid Methyl Esters (FAME) by in situ transesterification. Contract 303,
275–300.

Van Wychen, S., and Laurens, L. M. L. (2013b). Determination of Total Solids and
Ash in Algal Biomass. Technical Report NREL/TP-5100-60956. Golden, CO:
National Renewable EnergyLaboratory (NREL)

Van Wychen, S., and Laurens, L. M. L. (2013c). [NREL] determination
of total carbohydrates in algal biomass. by acid hydrolysis followed
by spectrophotometry or liquid chromatography. Available at:
https://www.nrel.gov/docs/fy16osti/60957.pdf

White, R. L., and Ryan, R. A. (2015). Long-term cultivation of algae in open-
raceway ponds: lessons from the field. Ind. Biotechnol. 11, 213–220. doi: 10.
1089/ind.2015.0006

Wu, X., Zhang, J., Qin, B., Cui, G., and Yang, Z. (2013). Grazer density-dependent
response of induced colony formation of Scenedesmus obliquus to grazing-
associated infochemicals. Biochem. Syst. Ecol. 50, 286–292. doi: 10.1016/j.bse.
2013.05.001

Yang, Z., Wang, W., Liu, Y., Kong, F., Zhang, M., Shi, X., et al. (2008). Increased
growth of Chlorella pyrenoidosa (Chlorophyta) in response to substances from
the rotifer Brachionus calyciflorus. J. Freshw. Ecol. 234, 545–552. doi: 10.1080/
02705060.2008.9664242

Conflict of Interest Statement: The authors declare that the research was
conducted in the absence of any commercial or financial relationships that could
be construed as a potential conflict of interest.

Copyright © 2018 Dahlin, Van Wychen, Gerken, McGowen, Pienkos, Posewitz and
Guarnieri. This is an open-access article distributed under the terms of the Creative
Commons Attribution License (CC BY). The use, distribution or reproduction in
other forums is permitted, provided the original author(s) and the copyright owner(s)
are credited and that the original publication in this journal is cited, in accordance
with accepted academic practice. No use, distribution or reproduction is permitted
which does not comply with these terms.

Frontiers in Plant Science | www.frontiersin.org 10 October 2018 | Volume 9 | Article 1513

https://doi.org/10.1007/s00253-008-1681-1
https://doi.org/10.1007/s00253-008-1681-1
https://doi.org/10.1016/j.protis.2006.05.006
https://doi.org/10.1016/j.algal.2017.05.017
https://doi.org/10.1016/j.algal.2017.05.017
https://doi.org/10.1093/nar/gkw1071
https://doi.org/10.1093/nar/gkw1071
https://doi.org/10.1016/j.algal.2016.01.007
https://doi.org/10.1007/s12010-012-0043-8
https://doi.org/10.1007/s12010-012-0043-8
https://doi.org/10.1038/244179a0
https://doi.org/10.1016/j.biortech.2014.10.075
https://doi.org/10.1016/j.biortech.2014.10.075
https://doi.org/10.1016/j.biortech.2012.04.073
https://doi.org/10.1016/j.biortech.2012.04.073
https://doi.org/10.1002/bit.22033
https://doi.org/10.1016/J.BIORTECH.2011.09.083
https://doi.org/10.1016/J.BIORTECH.2011.09.083
https://doi.org/10.1111/j.0022-3646.1991.00224.x
https://doi.org/10.1016/j.chroma.2012.10.034
https://doi.org/10.1063/1.3294480
https://doi.org/10.1007/s10529-008-9639-z
https://doi.org/10.1007/s10529-008-9639-z
https://www.nrel.gov/docs/fy16osti/60957.pdf
https://doi.org/10.1089/ind.2015.0006
https://doi.org/10.1089/ind.2015.0006
https://doi.org/10.1016/j.bse.2013.05.001
https://doi.org/10.1016/j.bse.2013.05.001
https://doi.org/10.1080/02705060.2008.9664242
https://doi.org/10.1080/02705060.2008.9664242
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
https://www.frontiersin.org/journals/plant-science/
https://www.frontiersin.org/
https://www.frontiersin.org/journals/plant-science#articles

	Down-Selection and Outdoor Evaluation of Novel, Halotolerant Algal Strains for Winter Cultivation
	Introduction
	Materials and Methods
	Culture Collection Screening
	18s Sequencing
	Outdoor Growth
	Ash Free Dry Weight, Fatty-Acid-Methyl-Ester, and Carbohydrate Analysis

	Results
	Indoor Screening
	Outdoor Deployment

	Discussion
	Indoor Screening
	Outdoor Deployment

	Data Availability
	Author Contributions
	Funding
	Acknowledgments
	Supplementary Material
	References


