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Plants may actively cultivate microorganisms in their roots and rhizosphere that 
enhance their nutrition. To develop cropping strategies that substitute mineral fertilizers 
for beneficial root symbioses, we must first understand how microbial communities 
associated with plant roots differ among plant taxa and how they respond to fertilization. 
Arbuscular mycorrhizal (AM) fungi and rhizobacteria are of particular interest because they 
enhance nutrient availability to plants and perform a suite of nutrient cycling functions. 
The purpose of this experiment is to examine the root and soil microbiome in a long-
term switchgrass (Panicum virgatum) biofuel feedstock experiment and determine how 
AM fungi and rhizobacteria respond to plant diversity and soil fertility. We hypothesize 
that intra- and interspecific plant diversity, nitrogen fertilization (+N), and their interaction 
will influence the biomass and community composition of AM fungi and rhizobacteria. 
We further hypothesize that +N will reduce the abundance of nitrogenase-encoding nifH 
genes on the rhizoplane. Roots and soils were sampled from three switchgrass cultivars 
(Cave-in-Rock, Kanlow, Southlow) grown in monoculture, intraspecific mixture, and 
interspecific planting mixtures with either Andropogon gerardii or diverse native tallgrass 
prairie species. Molecular sequencing was performed on root and soil samples, fatty acid 
extractions were assessed to determine microbial biomass, and quantitative polymerase 
chain reaction (qPCR) was performed on nifH genes from the rhizoplane. Sequence 
data determined core AM fungal and bacterial microbiomes and indicator taxa for plant 
diversity and +N treatments. We found that plant diversity and +N influenced AM fungal 
biomass and community structure. Across all plant diversity treatments, +N reduced 
the biomass of AM fungi and nifH gene abundance by more than 40%. The AM fungal 
genus Scutellospora was an indicator for +N, with relative abundance significantly greater 
under +N and in monoculture treatments. Community composition of rhizobacteria was 
influenced by plant diversity but not by +N. Verrucomicrobia and Proteobacteria were 
the dominant bacterial phyla in both roots and soils. Our findings provide evidence that 
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INTRODUCTION

National initiatives to increase energy independence spurred 
interest in biofuel cropping systems and native feedstock options 
(Perlack et al., 2011). The use of tallgrass prairie plants, including 
switchgrass (Panicum virgatum L.) and big bluestem (Andropogon 
gerardii Vitman) as biofuel feedstocks can be both economical 
and ecologically beneficial (Parrish and Fike, 2005; Tilman et al., 
2006; Yang et al., 2018). Native, perennial warm-season grasses 
are broadly adapted to North America, are well-suited to grow on 
marginal soils, and can maintain high levels of productivity with 
minimal fertilization. They also provide additional ecosystem 
services including erosion control, increased C sequestration 
(Adkins et al., 2016; Hungate et al., 2017), reduction of nutrient 
leaching, and wildlife habitat (Parrish and Fike, 2005).

Studies have determined the importance of plant diversity on 
productivity in native feedstock cropping systems (Tilman et al., 
2006; Mangan et al., 2011; Morris et al., 2016), but considerably 
less is understood about the interactions between plants and 
their microbial partners in roots and soil. Switchgrass and big 
bluestem are highly responsive to arbuscular mycorrhizal (AM) 
fungi (Chagnon and Bradley, 2013; Johnson et al., 2010) and 
rhizobacteria, though substantially less is known about their 
interactions with rhizobacteria (Brejda et al., 1998; Mao et al., 
2014). Microbial symbionts likely provide the nutritional support 
needed for these native grasses to thrive in low-fertility soils and 
under drought. These beneficial plant–microbial relationships 
are locally adapted (Johnson et al., 2010; Revillini et al., 2016) 
and can be actively promoted in a plant taxa-specific manner 
(Berg et al., 2014; Agler et al., 2016). An understanding of the 
belowground microbiome on roots and in soils is necessary to 
begin to understand how microbial symbioses can facilitate and 
maintain high plant yields in any cropping system (Johansson 
et  al., 2004; Schlaeppi and Bulgarelli, 2015; Alori et al., 2017). 
This will be particularly useful for native biofuel feedstocks, as 
they are promoted for cultivation on marginal lands no longer 
suitable for row cropping and where soil microbes will have 
likely been altered by conventional agricultural practices (Hart 
and Trevors, 2005; Verbruggen et al., 2015). Furthermore, 
given the relatively recent breeding history of native grasses for 
biofuel production, it is important to begin to understand the 
roles of plant cultivar, plant diversity, and fertilization regime 
on the microbial communities that nutritionally support their 
productivity on marginal soils (Busby et al., 2017).

Much like the human microbiome (Gilbert et al., 2018) 
and the plant surface microbiome (Vacher et al., 2016), root 
and soil-borne microbial communities play significant roles 
in host productivity and nutrient cycling from a variety of 

mechanisms (Bakker et al., 2018), but they also influence host-
plant community dynamics (Bardgett and van der Putten, 2014; 
Vandenkoornhuyse et al., 2015; van der Heijden et al., 2016). The 
functioning of AM fungi and rhizobacteria can be influenced by 
both the relative availability of resources [e.g. soil nitrogen (N) 
and phosphorus (P)], functional traits within plant communities, 
and the feedbacks between plant and microbial communities 
(Larimer et al., 2010). Feedbacks between plants and soil microbial 
communities over seasons and generations are common (van 
der Putten et al., 2013) and can influence plant diversity, disease 
resistance, and resource-use efficiency (Bever, 2015; Mariotte 
et al., 2017). Plants can preferentially allocate photosynthate 
to microbial symbionts that provide the most resources (Bever 
et al., 2009; Kiers et al., 2003; Ji and Bever, 2016), and in turn, AM 
fungi and rhizobial bacteria may reciprocate by provisioning the 
most P or N to the most generous host plants (Kiers et al., 2011). 
Theory predicts that these resource allocation relationships, 
which are recognized most strongly in nutrient-limited systems 
(Semchenko et al., 2018), can influence the composition and 
functionality of microbial symbiont communities found in soil 
through preferential selection of the most beneficial partners 
(Kiers and Denison, 2008; Bever, 2015). The realized abundance 
and composition of microbial communities under different 
environmental contexts and management regimes are influenced 
by the interplay of preferential selection for more beneficial 
nutritional partners versus the accumulation of commensalistic 
or parasitic organisms (Adesemoye et al., 2009; Wei et al., 2013; 
Rubin et al., 2017).

Switchgrass cultivars may differ in the degree to which they 
form symbiotic associations to acquire essential resources (Brejda 
et al., 1998; Bouton, 2007; Bauer et al., 2012). Consequently, the 
diversity of feedstock planting mixtures, including intraspecific 
diversity among switchgrass cultivars, may be expected to 
influence the abundance and community composition of bacteria 
and AM fungi. This would be a likely consequence of the extended 
plant phenotype, which incorporates plant-associated microbiota 
critical to plant productivity and survival into the observed 
“plant” phenotype. This concept integrates the direct and often 
reciprocal effects among plant and microbial communities that 
can be structured by resource transfer mechanisms including 
optimal resource allocation (Berg et al., 2014; Vandenkoornhuyse 
et al., 2015). In a recent study, switchgrass genotypes and 
ecotypes were found to strongly drive differences in bacterial 
and fungal community composition, documenting the ability of 
switchgrass to maintain host-selected microbiomes (Singer et al., 
2019). Optimal resource allocation between plants and microbial 
symbionts occurs when the investment of resources is targeted to 
specific structures, taxa, or functions that most strongly alleviate 

soil fertility and plant diversity structure the root and soil microbiome. Optimization of 
soil communities for switchgrass production must take into account differences among 
cultivars and their unique responses to shifts in soil fertility.

Keywords: soil microbiome, switchgrass, rhizobacteria, arbuscular mycorrhizal fungi, resource availability, plant–
microbial interaction
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the limitations to productivity. This has been experimentally 
shown in AM fungal and legume–rhizobia mutualisms (Johnson, 
2010; Kiers et al., 2011; Zheng et al., 2014). Optimal allocation 
to microbial structures or taxa may be directed by functional 
requirements specific to switchgrass cultivars that exhibit a 
range of phenotypes. Switchgrass cultivars have different root 
architectures and respond differently to fertilization (Oates et al., 
2016; Sprunger et al., 2017). Morris et al. (2016) showed that 
the most diverse planting mixtures provided consistently high 
yields of high-quality feedstock. Consequently, we hypothesized 
that microbial community composition and biomass may be 
influenced by the interplay of intra- and interspecific plant 
diversity and soil fertility.

Nitrogen fertilization (+N) is a standard but costly 
management practice for switchgrass plantings (Yang et  al., 
2018), and there is interest in developing management 
strategies to harness naturally occurring bacteria and fungi 
that promote plant health so that fertilizer inputs may be 
minimized (Bender et al., 2016; Busby et al., 2017; Toju 
et  al., 2018). Mutualistic legume–rhizobia interactions play 
an important role in N acquisition and cycling, but the vast 
majority of archaea and bacteria that promote plant growth in 
soils are “free-living” and not under the strict controls found in 
symbiotic relationships (Lugtenberg and Kamilova, 2009; Reed 
et al., 2011; Moore et al., 2015). Although it is well documented 
that AM fungi often contribute to plant uptake of N from 
soils (Govindarajulu et al., 2005; Hodge and Storer, 2015), 
they may also compete for N (Püschel et al., 2016) and not 
ameliorate N limitation of their host plants (Reynolds et al., 
2005). The availabilities of P and N interact to determine AM 
fungal responses to +N (Johnson et al., 2003b; Johnson et al., 
2015). When P is not in limited supply, +N likely decreases the 
abundance of both AM fungi and N-fixing bacteria as plants 
allocate more photosynthate to aboveground production 
rather than to nutritional mutualisms. In arable soils that 
often have sufficient levels of P, the biomass of AM fungi and 
the abundance of nifH genes (a proxy for N2-fixation) may be 
expected to decrease with +N as plants rely less on microbial 
N-cycling functions (Wei et al., 2013; Jach-Smith and Jackson, 
2018). The fungal/bacterial (F/B) biomass ratio, a broad 
functional measure of microbial composition, may respond 
strongly to changes in nutrient availability and also change 
as a result of shifting plant allocation patterns (de Vries et al., 
2006; Hannula et al., 2017). In many grassland studies, F/B 
ratio decreases with fertilization as fungal biomass declines 
significantly (Strickland and Rousk, 2010), and this response 
may be useful to understand the mechanisms of microbially 
mediated plant responses to N fertilization.

Baseline studies of communities of fungi and bacteria may 
reveal potentially important responses to plant diversity, N 
fertilization, and their interactions. For example, bacteria in 
the phylum Verrucomicrobia are very common in grassland 
soil (Bergmann et al., 2012; Fierer et al., 2013) and have been 
reported to be negatively correlated with soil N availability 
(Ramirez et al., 2012), but little is known about their functional 
role in soil ecology. Discovery of microbial indicator species or 
changes in relative abundance of particular taxa could indicate 

plant optimization of microbial communities with beneficial 
traits (Hart and Trevors, 2005; Azcón-Aguilar and Barea, 
2015). Switchgrass cultivars can differ in the degree to which 
they respond to +N and to microbial mutualisms (Mao et al., 
2014; Morris et al., 2016), so the diversity of feedstock planting 
mixtures and their responses to +N are likely to provide useful 
insights. The purpose of our study is to assess the effects of 
intra- and interspecific plant diversity and +N on the biomass 
and composition of communities of bacteria and AM fungi 
associated with both switchgrass roots and rhizosphere soils. We 
specifically tested the hypotheses that:

1) Switchgrass cultivars vary in the degree to which they support 
AM fungi and N-fixing bacteria and archaea.

2) Species richness of AM fungi should be greater with higher 
plant diversity (interspecific diversity > intraspecific diversity 
> monocultures).

3) Bacterial N-fixing activity should vary with intraspecific 
switchgrass diversity.

Additionally, we tested the hypotheses that N fertilization 
should:
4) Result in greater biomass allocation to aboveground 

production.
5) Reduce the biomass of AM fungi, N-fixing activity of bacteria, 

and decrease the F/B ratio.
6) Influence the community composition of AM fungi and 

bacteria, particularly in ways specific to switchgrass cultivar.

A robust evaluation of microbiome composition and the key 
members in plant–microbial interactions will provide a starting 
point for tests of specific functional relationships between soil 
microbial taxa and target crops (Bender et al., 2016). In this study, 
we analyzed microbial community composition to identify both 
indicator taxa and core bacterial and fungal communities that 
associate with different levels of plant diversity and fertilization 
to establish a baseline understanding of the extended plant 
phenotypes of switchgrass that are commonly used in biofuel 
feedstock experiments and production trials (Wright and 
Turhollow, 2010).

MATERIALS AND METHODS

Study Site and Experimental Design
Experimental plots 36 m x 20 m were established in June 2008 at 
the Fermilab National Environmental Research Park in Batavia, 
IL, to compare the performance of switchgrass cultivars grown in 
monocultures, intraspecific mixture, and interspecific mixtures 
with big bluestem grass or with 10 other native prairie plants. 
The experiment includes three randomized complete blocks with 
split-plot treated with or without N fertilizer (+67 kg N ha-1 year-1 
of 46-0-0 granular urea). Three switchgrass cultivars were planted 
in monoculture: Cave-in-Rock, a commercial upland cultivar; 
Kanlow, a commercial lowland cultivar; and Southlow, a regional 
upland cultivar in early breeding development. Southlow had 
slow initial establishment in monoculture at this experiment 
(Morris et al., 2016). In the switchgrass mixture treatment, the 
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three cultivars were planted in equal proportions (33%) and were 
estimated to each be well-represented in switchgrass mixture. In 
the big bluestem mixture treatment, three switchgrass cultivars 
were planted in equal proportion with three cultivars of big 
bluestem. Finally, the prairie mixture treatment included equal 
proportions of the switchgrass and big bluestem cultivars (7% 
each) and ten additional common, native prairie grasses and 
forbs (Supplemental Table 1, and see Morris et al. (2016) for 
additional design details). Root samples were collected from 
three monocultures with two fertilization treatments, replicated 
six times for a total of 36 root samples. Soil samples were collected 
from all six planting treatments with two fertilization treatments, 
replicated six times for a total of 72 soil samples.

Plant Biomass and Soil Nutrients
After the first killing frost (~mid-November), aboveground 
biomass was harvested ~15 cm above ground level, baled, and 
weighed using a hanging scale. Mean aboveground biomass 
from production years 2013–2015 was used to account for inter-
annual variability. Mean percent change from unfertilized plots 
was calculated for fertilization responses as (Fertilizedmean – 
Unfertilizedmean/Unfertilizedmean)*100 and presented in figures, 
though statistical analyses were performed on raw data (Table 1). 
Root biomass was sampled from monoculture plots using soil root 
cores (5 cm diameter) to a depth of 15 cm. Three cores per plot 
were collected, the 0–5 and 5–15 cm portions from cores were 
separated, and respective portions were homogenized. Roots 
were separated from soil by rinsing with water over a 500  µm 
sieve, dried, and weighed. Root biomass was converted to g m-2 
using soil bulk density, and root mass fraction was calculated as 
root biomass/root + shoot biomass (Wilsey and Wayne Polley, 
2006). In 2013, three soil cores (2 cm × 15 cm) were collected 
from each plot, roots were removed, soils were homogenized, 
and extractable P was analyzed using the Mehlich-3 method 

(Mehlich, 1984). Inorganic N was analyzed following extraction 
using 1M KCl extraction and isotope ratio mass spectrometry to 
measure NO3

- and NH4
+ (Burger and Jackson, 2003), which were 

combined for total N measures. Inorganic N was not measured in 
the soils collected from diverse prairie plots; therefore, statistical 
analyses do not include these data.

Microbial Biomass
Biomass of AM fungi and bacteria was measured using signature 
fatty acids (Olsson et al., 1995). Phospholipid fatty acids (PLFAs) 
are constituents of biological membranes that can be used to 
estimate active biomass of bacteria and fungi, as biovolume and 
cell surface area are well correlated (Frostegård et al., 2011). Neutral 
lipid fatty acids (NLFAs) are basic storage products of many fungi 
and serve as the primary energy reserve in AM fungi (Sharma 
and Buyer, 2015). PLFAs and NLFAs were extracted from soils 
(n = 72) using an extraction outlined in Zogg et al. (1997). Soils 
cores were homogenized, freeze-dried, and then sent to Oklahoma 
State University (OSU) for lipid extractions. Briefly, total lipid 
extracts were separated into PLFAs and NLFAs using silicic acid 
chromatography, the fatty acids were cleaved from the glycerol 
backbone using KOH saponification, and the harvested fatty 
acids were methylated to form fatty acid methyl esters (FAMEs). 
The FAMEs were then analyzed by gas chromatography and mass 
selection detection using a gas chromatography mass spectrometry 
(GCMS) unit Agilent MS 5975C/GC 7890A. We utilized c:19 
as an internal standard. For extraradical AM fungal biomass, we 
utilized the 16:1ω5c FAME biomarker for both PLFA and NFLA 
determination (Sakamoto et al., 2004). Biomarkers 18:2ω6,9c and 
18:1ω9c were used to determine saprotrophic fungal biomass (Gray 
et al., 2011). Bacterial biomarkers were used to determine both 
Gram-negative and Gram-positive bacterial biomass following 
Frostegård and Bååth (1996). F/B ratio was calculated using the 
sums of all measured bacterial PLFA and fungal NLFA biomarkers.

TABLE 1 | Mean aboveground biomass (g m-2), root biomass (g m-2), available soil phosphorus (Mehlich P), and total available soil nitrogen (N; NO3
- + NH4

+) from all 
applicable planting treatments under unfertilized or N-fertilized plots (+67 kg N ha-1 year-1). 

Planting treatment Fertilization Aboveground biomass 
( ± SD)

Root biomass ( ± SD) Soil P ( ± SD); ppm Soil N ( ± SD); ppm

Monocultures

Cave-in-Rock Unfertilized 621 (37)a 336.6 (77)d 6.65 (3.18)ab 9.05 (1.33)b

Fertilized 837 (9.4)c 283.8 (53)cd 5.67 (0.33)a 14.52 (2.86)cd

Kanlow Unfertilized 338 (8.7)e 249.4 (44)bc 5.28 (1.67)a 10.54 (0.84)ab

Fertilized 629 (16)ab 148.2 (12)a 5.30 (1.24)a 12.79 (1.81)ac

Southlow Unfertilized 588 (20)a 218.6 (30)abc 9.65 (3.34)b 9.42 (1.53)ab

Fertilized 697 (8.1)b 193.9 (72)ab 6.15 (2.52)ab 16.49 (3.61)d

Mixtures

Switchgrass Unfertilized 613 (56)a 242.3 (16)abcd 5.36 (1.57)ab 9.09 (0.91)ab

Fertilized 836 (22)c 184.1 (48)abc 5.40 (1.54)ab 13.5 (1.35)acd

Big bluestem Unfertilized 795 (5.8)c – – –
Fertilized 929 (27)d – – –

Prairie Unfertilized 649 (79)ab – – –
 Fertilized 815 (43)c – – –

Mean values in bold indicate significant (p < 0.05) differences between fertilization treatments determined by ANOVA, and letters indicate differences from Tukey’s HSD post hoc of 
N-fertilization by planting treatment. Switchgrass = intraspecific mixture of the three switchgrass genotypes; big bluestem = interspecifc mixture of three switchgrass genotypes + 
three big bluestem genotypes; prairie = big bluestem mixture + 10 native grasses and forbs.
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Sampling and Molecular Analysis of Roots 
and Soils
Root and soil samples were collected from the experimental plots 
in June 2015. Root samples were collected by “tracing” primary 
and lateral roots (<3mm diameter) below six switchgrass plants 
from each monoculture plot (n = 3). Six soil cores (2 cm x 15 cm) 
were taken randomly from within each sub-plot (16 m x 8 m) of 
all planting treatments. Root and soil samples were transported 
from the field to the laboratory in a cooler and frozen within four 
hours of collection. Samples were stored at -20°C until further 
processing for molecular analyses.

Next-generation sequencing was performed on DNA 
extracted from roots (n = 36) collected from monocultures of 
Cave-in-Rock, Kanlow, and Southlow switchgrass cultivars. 
The roots were not surface-sterilized, in order to retain an 
intact rhizoplane community along with endophytic bacteria. 
DNA was also extracted from homogenized soil cores (n = 72) 
from every plot for sequencing. DNA was extracted from roots 
and soils using the PureLink Microbiome DNA Purification 
Kit (Invitrogen, Carlsbad, CA, USA) following protocol from 
the “soil samples user guide.” Genomic DNA was observed 
by NanoDrop and then purified using magnetic beads in 18% 
Polyethylene glycol (PEG) to remove potential polymerase 
chain reaction (PCR) inhibitors. PCR was carried out utilizing 
the 515F-806R primers to amplify the V4 region of the 16S 
rRNA (Gilbert et  al., 2014) to characterize bacterial/archaeal 
communities, and WANDA-AML2 primers to amplify the small 
subunit (SSU) region to characterize AM fungal communities 
(Lee et al., 2008; Dumbrell et al., 2011). This region was targeted 
for AM fungal communities as the taxonomy of this region is 
well-supported by the MaarjAM database (Öpik et al., 2010). 
DNA quantitation was performed using standard dsDNA 
quantitation for PicoGreen (Thermo Fisher Scientific, Inc., 
Waltham, MA, USA), and all samples were normalized to 2ng 
DNA/µL prior to pooling into 16S or SSU libraries. The libraries 
were purified, concentrated, and quantified using qPCR against 
Illumina DNA standards (Kapa Biosystems, Wilmington, MA). 
Samples were paired-end sequenced (2 x 250 mode for 16S and 2 
x 300 mode for SSU) using the Illumina MiSeq desktop platform 
(Illumina, Inc., San Diego, CA, USA) in the Environmental 
Genetics and Genomics Laboratory at Northern Arizona 
University (NAU) (https://in.nau.edu/enggen/).

NifH Gene Abundance
Abundance of the nifH gene was used as a proxy measure for 
N-fixation potential (Levy-Booth et al., 2014). Absolute nifH 
gene abundance was measured using qPCR with the targeted 
nifH amplicon primers IGK3/DVV. DNA from root samples (n = 
36) free of PCR inhibitors (see above) was used for nifH qPCR, 
which was performed following a slightly modified method from 
Gaby and Buckley (2012). Briefly, reaction volumes were 20 µl, 
and 0.35 µM of each primer was used in each reaction. 40 cycles 
at annealing temperature of 56°C was used for initial PCR with 
IGK3/DVV. qPCR standards were created by first normalizing 
initial nifH PCR to 0.5 ng µl-1, nifH tailing with a 15x cycle PCR, 
and 18% PEG bead cleaning, and quantified using standard 

dsDNA quantitation with PicoGreen (Thermo Fisher Scientific, 
Inc., Waltham, MA, USA) prior to qPCR with QuantStudio 5 
(Applied Biosystems, Waltham, MA, USA).

Data Processing
All data processing methods were performed on both SSU 
and 16S data, unless specifically noted. Contaminating PhiX 
sequence was removed using the akutils phix_filtering command 
in akutils v1.2 (Krohn, 2016; https://github.com/alk224/
akutils-v1.2). For bacterial data, read pairs were merged in 
akutils using the join_paired_reads command. Merged bacterial/
archaeal data had an average length of 253 nt. Reads were not 
joined for AM fungal data and had an average length of 501 nt. 
Demultiplexing and quality filtering were carried out with the 
split_libraries_fastq.py command in QIIME 1.9.1 (Caporaso 
et al., 2010b) using a minimum quality threshold of q20, 0 bad 
characters allowed, and retaining only reads that satisfied these 
requirements for at least 95% of their length (-q 19 -r 0 -p 0.95). 
Chimeras were removed using the –uchime_ref option in vsearch 
1.1.1 (Rognes et al., 2016) and the Gold reference database  
(http://drive5.com/uchime/gold.fa). One root sample was 
removed from downstream analyses due to low sequence count. 
Sequences were de-replicated on the first 100 bases using the 
prefix/suffix Operational taxanomic unit (OTU) picker in QIIME. 
OTU picking was performed de novo with Swarm (Mahé et al., 
2014) at d4 resolution (~98.4% similarity). Taxonomic identities 
were assigned with BLAST using default settings in QIIME 1.9.1 
against the 97% Greengenes database (McDonald et al., 2012) 
for bacterial data and at 90% similarity against the MaarjAM 
database (Öpik et al., 2010) for AM fungal data. AM fungal taxa 
in the MaarjAM database are classified as virtual taxa (VT) but 
are referred to as OTUs in methods for brevity. outsequences 
were aligned using PyNAST (Caporaso et al., 2010a), and the 
resulting alignment was used to construct a phylogenetic tree 
with FastTree (Price et al., 2009). OTUs constituting less than 
0.005% of the total data set were removed (Bokulich et al., 2012). 
OTU tables were rarefied to the lowest sample depth (3,449 for 
16S; 3,484 for SSU) for α-diversity analyses. Relative abundance 
of taxa by treatments was analyzed for planting and fertilization 
treatments using the group_significance.py command in QIIME. 
Tests of ß-diversity and differential abundance were performed 
on OTU tables transformed by cumulative sum scaling 
(CSS) normalization (Paulson et al., 2013). Diversity analyses 
were conducted with the core_diversity command in akutils  
unless specified.

Statistical Analyses
Analyses were only performed on plots with paired sequencing 
and physical plant or soil measurements, leaving n = 35 for root 
samples and n = 72 for soil samples. Blocking did not have effects 
on any measures across all statistical analyses in this study and 
therefore was not presented. Plant biomass, AM fungal biomass 
(PLFA/NLFA), and nifH gene abundance were tested using 
nonparametric Kruskal–Wallis, or parametric analysis of variance 
(ANOVA) and Tukey’s honestly significant difference (HSD) post 
hoc (aov and TukeyHSD in R, respectively) to determine +N, plant 
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treatment, and +N * plant treatment interactions. All data were 
log-transformed when necessary to meet normality assumptions. 
Bacterial and fungal community α-diversities were compared by 
nonparametric Student’s T-test using rarefied OTU tables. Log2 
fold change from control after +N of rarefied fungal and bacterial 
taxonomic relative abundance was calculated using DESeq2 
(Love et al., 2014). Briefly, log2 fold change data presented are taxa 
with relative abundance that was significantly different after +N 
using the likelihood ratio test (LRT) where p < 0.05. Indicator 
species analyses were performed with rarefied OTU tables for 
each treatment, or treatment interaction using both the indicator 
value (IndVal  = fidelity and relative abundance) and point-
biserial correlation (rpb) coefficient with 9,999 permutations 
with multipatt function from the indicspecies package in R (De 
Cáceres and Legendre, 2009), and results are only presented when 
Benjamini–Hochberg false discovery rate (fdr)–corrected p < 
0.05 (De Cáceres et al., 2010). The compute_core_microbiome.
py command to was used to identify the core microbiome 
communities, defined here as OTUs that are present in 50% of 
samples for a treatment or treatment combination. Differences in 
bacterial and fungal ß-diversity were assessed by Permutational 
ANOVA (PERMANOVA) (Anderson, 2001) using weighted 
and unweighted UniFrac (Lozupone and Knight, 2005) for 
bacterial data and Bray–Curtis dissimilarity for AM fungal data. 
PERMANOVA was initially performed across all samples (n = 107) 
to determine differences in root and soil microbial communities 
with the respective diversity metrics. A pairwise PERMANOVA 
function (https://github.com/pmartinezarbizu/pairwiseAdonis) 
was used to determine microbial community dissimilarities within 
planting treatments under unfertilized or +N plots. Statistical 
significance from pairwise PERMANOVA was indicated when 
Bonferroni-corrected p < 0.05. All analyses were performed in R 
and with the use of the NAU High Performance Computing cluster 
(https://nau.edu/high-performance-computing/overview/).

RESULTS

Plant Biomass and Soil Nutrients
Aboveground biomass from all planting mixtures was 
significantly greater in +N plots compared to unfertilized plots, 
with increases in monocultures of 35% for Cave-in-Rock, 85% 
for Kanlow, 18.5% for Southlow, 16.9% in big bluestem, and 
25.5% in prairie mixtures (Table 1, Figures 1A–B). The big 
bluestem planting mixture produced higher biomass yields 
than all other planting treatments in both the unfertilized and 
+N plots (Table 1, Figure 1A). Root biomass was greater in 
unfertilized plots than fertilized plots (F1,12 = 5.62, p < 0.05) and 
different between switchgrass monocultures (F2,12 = 8.1, p   = 
0.005; Supplemental Figure 1). Root biomass was greater in 
Cave-in-Rock than Kanlow or Southlow (p < 0.01 and p < 0.05, 
respectively; Supplemental Figure 1A) and decreased with +N 
in Kanlow (p = 0.039). Root mass fraction was lower in +N plots 
(F1,32 = 19.2, p < 0.005; Supplemental Figure 1B) and higher 
under Kanlow than Southlow (F3,18 = 5.5, p = 0.02; Supplemental 
Figure 1B). In Kanlow, root mass fraction decreased in +N plots 
(p < 0.01; Supplemental Figure 1B). Soil available P was lower 
under +N (F1,34 = 4.1, p = 0.0508; Table 1) and higher under 
Southlow than Kanlow (F3,34 = 3.8, p = 0.018; Table 1). There 
was no fertilization–by–planting treatment interaction for soil P. 
Soil N (NH4

+ + NO3
-; ppm) increased with +N overall (F1,34 = 

67.6, p < 0.001; Table 1) and within Cave-in-Rock and Southlow 
monocultures and switchgrass mixture plots (Table 1).

AM Fungal and Bacterial Biomass
Soil concentration of the PLFA AM fungal biomarker 
(16:1ω5c) did not vary with +N or planting mixtures; 
however, NLFA decreased with +N (F1,72 = 19.37, p < 
0.001; Supplemental Figure  2). There was a fertilization–
by–planting mixture interaction (F5,72 = 3.413, p = 0.017; 

FIGURE 1 | Total aboveground plant biomass (g m2) from each planting mixture under unfertilized or N-fertilized conditions (A) and aboveground biomass response 
to N fertilization (percent change) for all planting mixtures (B). Arbuscular mycorrhizal (AM) fungal neutral lipid fatty acid (NLFA) response (percent change) to N 
fertilization for all planting mixtures (C). Zero bar (B, C) represents unfertilized means per planting treatment. Values above bars in B are mean increases in plant 
biomass (Mg ha-1), and those in C are mean decreases in AM fungal biomass (nmol g-1 soil) per planting mixture. Letters indicate significant differences from Tukey’s 
HSD post hoc testing. Asterisks indicate significant differences from ANOVA (**p < 0.01, *p < 0.05).
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Supplemental Figure 2), with lower fungal biomass in +N 
Cave-in-Rock and Southlow moncultures (p < 0.005 and 
p  = 0.02, respectively; Supplemental Figure 2). There were 
negative linear relationships between aboveground plant 
biomass yields (Mg ha-1) and fungal biomass for Cave-in-
Rock (r2 = -0.91, p < 0.001; Figure 2A), Southlow (r2 = -0.76, 
p = 0.006), and the switchgrass mixture (r2 = -0.81, p = 0.001; 

Figure 2A). Root mass fraction was positively correlated 
with fungal biomass (r2 = 0.16, p = 0.05; Figure 2B). There 
was a fertilization–by–planting mixture interaction on total 
PLFA bacterial biomass (F5,72 = 3.56, p < 0.01); Supplemental 
Figure  3), and Tukey’s HSD revealed an increase in total 
bacterial PLFA biomass under the prairie mixture after +N 
(p < 0.05; Supplemental Figure 3). The F/B ratio was lower 

FIGURE 2 | Relationship between AM fungal biomass in soil and aboveground plant biomass (A), colored by planting mixture and either unfertilized (circles) or N-fertilized 
(triangles) plots. Cave-in-Rock (black/white), Southlow (light blue), and the switchgrass mixture plot (green) have significant negative correlations between aboveground 
plant biomass and the abundance of AM fungi in soils. Correlation statistics are provided in the upper right corner for all planting treatments. The relationship between AM 
fungal biomass in soil and root mass fraction (B) for all monocultures and the switchgrass mixture is represented by the black bar. 95% confidence limit is shaded, value 
densities for root mass fraction and NLFA abundance are on opposing x- and y-axes, and statistics are provided in the top left corner **p < 0.01, ***p ≤ 0.001.

FIGURE 3 | Response of fungal:bacterial biomass ratio to nitrogen (N) fertilization (A) and relationship of fungal:bacterial ratio to available soil inorganic N 
(NH4+ + NO3-) (B) ***p ≤ 0.001.
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under +N than in unfertilized plots (F1,72 = 32.44, p < 0.001; 
Figure 3A), and there was a negative linear relationship with 
total available soil N (r2 = -0.16, p < 0.005; Figure 3B).

Arbuscular Mycorrhizal Fungal 
Communities
The species richness of AM fungal communities in soil was 
higher for the combination of all interspecific diversity mixture 
plots than combined switchgrass monoculture plots (F1,36 = 
3.77, p < 0.05; Figure 4A). Nitrogen fertilization reduced fungal 
richness in the soil of switchgrass mixture plots (adj-p < 0.01) and 
increased Shannon diversity (H) in roots and soils under Kanlow 
monocultures (p < 0.05 and p < 0.05, respectively; Figure 4B). 
The compositions of AM fungal communities in roots and soil 
were different (PERMANOVA Bray–Curtis; pseudo-F1,108 = 3.48, 
p < 0.001; Supplemental Figure 4A). The ß-diversity of AM 
fungal communities in roots was not altered by +N. Pairwise 
PERMANOVA indicated that the AM fungal community in roots 
of Cave-in-Rock was different from that in roots of Southlow 
(pseudo-F2,31 = 1.93, adj-p = 0.013; Table 2, Figure 5A), and 
+N influenced the Bray–Curtis dissimilarity of AM fungal 
communities in roots of the Kanlow cultivar (pseudo-F1,11  = 
2.88, p < 0.05; Table 2, Figure 5B). The ß-diversity of AM 
fungal communities from soils was altered by planting mixture 
(PERMANOVA; pseudo-F5,72 = 2.84, p < 0.001; Figure 5C) and 

+N (PERMANOVA; pseudo-F1,72 = 2.24, p < 0.005; Figure 5D). 
The ß-diversity of the AM community in soil was influenced by 
planting mixture (Table 2) but not +N within planting mixtures 
(Supplemental Figure 5).

Relative abundance of core AM fungal taxa are presented 
as heat maps, and indicator species analyses revealed multiple 
indicator taxa for +N or certain planting mixture treatments 

FIGURE 4 | Arbuscular mycorrhizal (AM) fungal diversity observed in roots and soils measured as virtual taxa (VT) (A) and Shannon diversity (B) for all planting 
mixtures. Gray indicates unfertilized and green indicates N-fertilized treatments. Letters indicate significant differences between groups (adj-p < 0.05), and asterisks 
indicate significant ANOVA differences from fertilization within groups (p < 0.05).

TABLE 2 | Significant Bray–Curtis dissimilarities of AM fungal communities 
between planting mixtures or N fertilization within planting mixture from roots 
and soils calculated using pairwise PERMANOVA.

pseudo-F r2 adj-p-value

Roots
Between planting mixtures
Cave-in-Rock vs. Southlow 1.87 0.083 0.013
Within Kanlow
Unfertilized vs. fertilized 1.88 0.130 0.024
Soil
Between planting mixtures
Cave-in-Rock vs. switchgrass mix 2.84 0.110 0.012
Cave-in-Rock vs. big blue mix 3.06 0.122 0.001
Kanlow vs. switchgrass mix 1.69 0.072 0.006
Kanlow vs. big blue mix 1.66 0.069 0.015
Southlow vs. switchgrass mix 1.56 0.066 0.039
Southlow vs. big blue mix 3.11 0.130 0.001
Southlow vs. prairie mix 2.61 0.105 0.002
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(Figures 6A–B). The genus Scutellospora was an indicator 
under +N both in roots (IndVal = 0.81, fdr-p = 0.02; rpb = 0.42, 
fdr-p = 0.02; Figure 6A) and in soils (IndVal = 0.65, fdr-p = 0.02; 
rpb = 0.27, fdr-p = 0.058; Figure 6B). The genus Gigaspora was an 
indicator in soils under the switchgrass mixture (IndVal = 0.46, 
fdr-p = 0.036; rpb = 0.39, fdr-p = 0.017), but it was not included 
in the heat map, because it was not observed in more than 50% 
of the samples. In soils under all three monocultures (Cave-
in-Rock, Kanlow, Southlow), Paraglomus was determined 
to be an indicator genus (rpb = 0.41, fdr-p = 0.01; Figure 6B). 
The relative abundance of Scutellospora was higher in +N plots 
(Kruskal–Wallis H = 11.72, FDR-p = 0.012; Figures 6A–D), and 
specifically in roots of Cave-in-Rock (H = 9.11, FDR-p < 0.01; 
Figure 6A), and in soil from prairie mixture plots (H = 14.25, 
FDR-p  < 0.005; Figure 6B). Glomus was the most abundant 
genus across all treatments (Supplemental Figure  6), and the 
relative abundance of Glomus decreased in soil from prairie 
mixture +N plots (H = 13.6, FDR-p < 0.005; Figure 6B). Five 
AM fungal genera in roots and six genera in soils had significant 
log2 fold changes in relative abundance in +N plots (LRT; 
p  < 0.05; Figures 6C–D). In roots, AM fungal taxa in the genera 
Claroideoglomus and Glomus had species that both increased and 
decreased with +N, while Paraglomus and Scutellospora increased 
with +N  (Figure  6C). In soils, we found a similar pattern for 
Glomus and Scutellospora species, while Arachaeospora relative 

abundance increased and Claroideoglomus relative abundance 
declined with +N (Figure 6D).

Bacterial Communities
Compared to other treatments, the richness of bacterial OTUs 
was lower on roots of Southlow in the +N plots (F3,18 = 2.8, 
p < 0.01; Figure 7A) and higher in soil under the prairie 
mixture (F6,36 = 3.8, p < 0.5; Figure 7A). Shannon diversity 
(H) of soil bacteria was higher in the combination of all 
monoculture plots compared to the combination of all diverse 
mixture plots (F1,36  = 2.1, p = 0.04; Figure 7B). Shannon 
diversity of soil bacteria in Kanlow plots was higher than 
in Southlow plots (F2,18 = 2.07, p < 0.01; Figure 7B). In +N 
plots, Shannon diversity of bacteria was higher on Kanlow 
roots and in soil in Cave-in-Rock plots (p < 0.05 and p < 
0.05, respectively; Figure  7B). Bacterial communities were 
different in roots and soils (pseudo-F1,108 = 9.48, p < 0.001; 
Supplemental Figure  4B). Bacterial community weighted 
UniFrac ß-diversity from roots was altered by planting mixture 
(pseudo-F2,35  = 1.6, p = 0.012; Figure 8A). The bacterial 
community on roots of Southlow was different from Kanlow 
(pairwise PERMANOVA pseudo-F1,12  = 1.7, adj-p = 0.03; 
Figure 8A). Bacterial community unweighted and weighted 
UniFrac ß-diversity from soils were altered by planting 
mixture (pseudo-F5,72 = 1.34, p < 0.01, and pseudo-F5,72 = 1.54,  

FIGURE 5 | NMDS of AM fungal community Bray–Curtis dissimilarity from roots (top) and soils (bottom) colored by planting mixture (A, C) and colored by N fertilization 
treatment (B, D). Ellipses represent 95% confidence areas around respective treatments. Letters indicate significant differences between groups (adj-p < 0.05).
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p < 0.01, respectively; Figure 8B). The soil bacterial community 
under Southlow was different from all planting mixtures 
except for the switchgrass mixture (see Table  3 for details, 
Figure 8B). Nitrogen fertilization had no effects on bacterial 
community ß-diversity from roots or soils; however, indicator 
species analyses of bacterial taxa revealed some differences. 
Verrucomicrobia and Proteobacteria were the most abundant 
phyla across all treatments (Supplemental Figure 7). The 
order N1423WL in the phylum Gemmatimonadetes was an 
indicator of +N in roots (IndVal = 0.44, fdr-p = 0.023), while 
in soils, RCP1-48 in the phylum Gammaproteobacteria was an 
indicator taxon of +N (IndVal = 0.58, fdr-p = 0.037). Bacterial 
order Mariprofundales (class Zetaproteobacteria) was an 
indicator taxa for unfertilized plots (IndVal = 0.5, fdr-p  = 
0.039). Bacteria in the phylum FCPU426 were indicator taxa 
associated with soils under Southlow monocultures (rpb = 
0.51, fdr-p = 0.026). Acidobacteria abundance increased on 

roots of Kanlow with +N (H = 9.7, p < 0.05; Figure 9A). The 
relative abundance of bacteria in the class Alphaproteobacteria 
was higher in soils under Southlow with +N (H = 7.04, 
FDR-p  = 0.048; Figure 9B). Nitrospirae relative abundance 
was higher in soils under prairie mixtures with +N (H = 22.6, 
p < 0.01; Figure 9B). Verrucomicrobial relative abundance 
was lower on roots of Southlow with +N (H = 14.8, FDR-p < 
0.01; Figure 9A) and lower in soils under Cave-in-Rock with 
+N (H = 9.4, FDR-p = 0.048; Figure 9B).

Six bacterial phyla in roots and eight phyla in soils had 
significant log2 fold changes in relative abundance with +N (LRT; 
p < 0.05; Figures 9C–D). Relative abundance of Verrucomicrobia 
declined with +N under roots and soils (Figures 9C–D), 
as did Actinobacteria in roots (Figure 9C). Nitrospirae and 
Crenarchaeota consistently increased with +N, while taxa in the 
Proteobacteria and Planctomycetes exhibited both increases and 
decreases in relative abundance with +N (Figures 9C–D).

FIGURE 6 | Heat maps of relative abundance of AM fungal genera for all planting treatments that are either unfertilized or N-fertilized, from roots (A) and soil (B). 
The taxa presented here are core taxa, which represent only those genera present in more than 50% of all samples. Italicized taxa represent significant indicator 
taxa determined using either IndVal or rpb (p < 0.05). Darker tiles in the heat map indicate lower relative abundance, and asterisks indicate a significant increase or 
decrease in relative abundance determined using Kruskal–Wallis H tests for each planting treatment after fertilization (FDR-p < 0.05). Empty tiles indicate that the 
taxa were not present in that treatment combination. The bottom (C–D) shows log2 fold change of AM fungal relative abundance that significantly differs after N 
fertilization (LRT; p < 0.05) for roots (C) and soils (D). AM fungal “species” are on the x-axis, and points are colored by genus.
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NifH Gene Abundance
Abundance of the nifH gene declined with +N (ANOVA; F1,32 = 5.16, 
p = 0.029; Supplemental Figure 8) and differed among switchgrass 
cultivars (ANOVA; F2,32 = 14.327, p < 0.001). Cave-in-Rock had the 
lowest total nifH gene abundance (p < 0.01; Supplemental Figure  8), 

and N fertilization decreased nifH abundance for Kanlow (F1,10 = 
6.1, p < 0.05; Figure 10A). NifH gene abundance was positively 
correlated with root biomass under Kanlow (r2 = 034, p < 0.01; 
Figure 10B) and with root mass fraction across all monocultures 
(F1,16 = 8.25, adj-r2 = 0.306, p = 0.01; Figure 10C). There was no 

FIGURE 7 | Bacterial diversity observed in roots and soils measured as OTU richness (A) and Shannon diversity (B) for all planting mixtures. Gray indicates 
unfertilized and green indicates N-fertilized treatments. Letters indicate significant differences between groups (adj-p < 0.05), and asterisks indicate significant 
ANOVA differences from fertilization within groups (p < 0.05).

FIGURE 8 | Principal coordinate analyses of bacterial community ß-diversity from roots (A); weighted UniFrac or soils (B); unweighted UniFrac, colored by planting 
treatment. Ellipses represent 95% confidence areas around respective treatments. Letters indicate significant differences between groups (adj-p < 0.05).

https://www.frontiersin.org/journals/plant-science#articles
https://www.frontiersin.org/journals/plant-science/
www.frontiersin.org


Diversity, Fertilization and Soil MicrobiomeRevillini et al.

12 August 2019 | Volume 10 | Article 1018Frontiers in Plant Science | www.frontiersin.org

correlation between the relative abundance of Verrucomicrobia and 
nifH gene abundance from roots (Supplemental Figure 9).

DISCUSSION

Our results support the hypotheses that intra- and interspecific 
plant diversity influences soil microbial communities and that 
N fertilization (+N) shifts plant allocation of photosynthate 
towards aboveground production and away from root-
associated microorganisms. The reduction in AM fungal 
biomass, nifH gene abundance, and F/B ratios after +N may 
reveal important functional trade-offs in particular planting 
treatments. Predictably, +N reduced the value of bacterial 

TABLE 3 | Significant unweighted UniFrac differences of bacterial communities 
between planting mixtures from roots and soils calculated using pairwise 
PERMANOVA.

pseudo-F r2 adj-p-value

Roots
Between planting mixtures
Kanlow vs. Southlow 2.40 0.057 0.045
Soil
Between planting mixtures
Cave-in-Rock vs. Southlow 2.16 0.061 0.038
Kanlow vs. Southlow 2.72 0.074 0.015
Kanlow vs. switchgrass mix 3.30 0.089 0.011
Southlow vs. big blue mix 2.61 0.072 0.009
Southlow vs. prairie mix 2.29 0.063 0.027

FIGURE 9 | Heat maps of relative abundance of bacterial phyla for all planting treatments that are either unfertilized or N-fertilized, from roots (A, C) and soil (B, D). 
The taxa presented here are core taxa, which represent only those phyla present in more than 50% of all samples. Italicized taxa represent significant indicator taxa 
determined using either IndVal or rpb (p < 0.05). Gemmatimonadetes were indicator taxa for N-fertilized plots in soil (B), while Zetaproteobacteria were indicator taxa 
for unfertilized plots in soil (B). Darker-color tiles in the heat map indicate lower relative abundance, asterisks indicate a significant increase or decrease in relative 
abundance determined using Kruskal–Wallis H tests for each planting treatment (FDR-p < 0.05). Empty tiles indicate that the taxa were not present in that treatment 
combination. Log2 fold change of bacterial relative abundance that significantly differs after N fertilization (LRT; p < 0.05) for roots (C) and soils (D). Bacterial families 
are on the x-axis, and points are colored by bacterial phylum.
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N-fixation (Kiers et al., 2003) as reflected in lower nifH gene 
abundance. Furthermore, the decrease in F/B ratio with +N 
might indicate a shift from nutrient conservation within 
mycorrhizal networks to a “leakier” system with more substrate 
available for opportunistic bacteria (de Vries et al., 2006; 
Fierer et al., 2009). The shift in allocation from belowground 
nutritional symbioses to aboveground plant structures 
provides support for optimal resource allocation strategies in 
the extended plant phenotype, particularly when adopting the 
collective view of functions and interactions among plants and 
microbial consortia (Johnson et al., 2003a; Vandenkoornhuyse 
et al., 2015).

Plant Biomass, Nutritional Symbioses,  
and Plant Diversity
Aboveground plant growth increased after +N for all planting 
treatments, but the strength of these responses was dependent on 
planting mixture (Figure 1). For example, the big bluestem mixture 
produced the greatest aboveground biomass of all the planting 
treatments (Figure 1A), but +N only increased biomass by ~17%. 
Kanlow monocultures, on the other hand, had the lowest total 
yields, and +N increased aboveground biomass by ~85% (Figure 1). 
Further, Kanlow allocated significantly more biomass aboveground 
to shoots after +N but did not significantly decrease allocation to 
AM fungal biomass in soil (Figures 1C, 2A), despite it being the 
only switchgrass cultivar to exhibit significant changes in AM 
fungal communities in response to +N (Figure 5B). Compared to 
the other cultivars, unfertilized Kanlow monocultures had higher 
total abundance of nifH in the rhizosphere that was positively 
correlated with root biomass (Supplemental Figure 7; Figure 10). 
Furthermore, Kanlow was the only cultivar in which +N caused 
a significant decrease in root mass fraction (Supplemental 
Figure  1B). The “case study” of Kanlow might suggest that this 
switchgrass cultivar reduces its reliance on bacterial N-fixing 
activity and selectively utilizes particular AM fungal taxa to 
acquire co-limiting resources in soil (e.g., P), although this was not 
specifically tested and warrants further study.

In contrast to the monoculture treatments, the big bluestem 
and prairie mixtures maintained high aboveground productivity 
and responded less strongly to +N. In the prairie mixture, 
there was no reduction in AM fungal biomass in soil with 
+N (Supplemental Figure 2). NifH gene abundance was not FIGURE 10 | Continued

FIGURE 10 | The abundance of nifH gene response (percent change) 
to N fertilization for three switchgrass monocultures (A), where zero bar 
represents means from unfertilized plots. Values above the bars are mean 
decreases in total nifH gene abundance (copy number ng-1 DNA) per 
planting mixture. Relationship between nifH gene abundance and plant 
root biomass (B), colored by planting mixture and either unfertilized (circles) 
or N-fertilized (triangles). Correlation statistics are provided in the upper 
right corner for each monoculture. The relationship between nifH gene 
abundance and root mass fraction (C) for all monocultures combined 
is represented by the black bar. 95% confidence limit is shaded, value 
densities for root mass fraction and nifH gene abundance colored by N 
fertilization treatment are on opposing x- and y-axes, and correlation statistic 
is provided in the top left corner.
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measured in roots collected from the diverse planting mixtures, 
but given the lower growth response to +N, high aboveground 
productivity, and maintenance of C allocation to AM fungal 
biomass, it would be interesting to determine if N-fixation 
under the more diverse big bluestem mixture is maintained or 
even increased with +N, as was observed in a long-term field 
experiment in Minnesota (Revillini, 2018). Overall, our study 
indicates that functional responses to +N depended on plant 
intra- or interspecific diversity. These cultivar-dependent shifts 
can be explained by a variety of mechanisms, but our data may 
indicate selective shifts in microbial associations.

The AM fungal Microbiome
Our findings do not support the hypothesis that species richness 
of AM fungi should be higher with diverse plant communities 
compared to monocultures. Responses of AM fungal richness 
and diversity to plant diversity and +N were subtle and highly 
variable across the treatments (Figure 4). The ß-diversity of AM 
fungal communities also responded variably to planting mixture 
whether in roots or soils (Table 2) and to +N across plant diversity 
treatments (Figure 5B). Indicator analyses and significant changes 
in relative abundances of particular AM fungal taxa suggest that 
AM fungal taxa are individualistic in their responses to plant 
diversity and N availability (Figures 6). For example, Scutellospora 
increased in relative abundance with +N, in roots of Cave-in-Rock 
monocultures, and in +N prairie mixture plots (Figure 6). Fungi 
within the genus Scutellospora have been shown to both increase 
and decrease in response to N enrichment depending on the study 
(Johnson et al., 1992; Johnson, 1993; Egerton-Warburton et al., 
2007). Environmental context, especially the relative availability 
of limiting resources, influences the structure and function of 
AM symbioses (Hoeksema et al., 2010; Johnson, 2010). We 
observed that plant diversity and +N influenced the structure of 
AM fungal communities, and additional research is necessary to 
determine specific functional relationships between switchgrass 
cultivars and AM fungal taxa. Previous studies have measured the 
performance of individual plant–AM fungal taxa combinations (Ji 
and Bever, 2016), as well as the cumulative effects of entire suites 
of AM fungi in soils (Bennett and Klironomos, 2018; Kulmatiski, 
2018). Substantially more research must be performed in field-
based studies to sufficiently elucidate the dynamic interactions 
among plants, AM fungi, and other soil communities before the 
mechanisms by which plants engage and select for soil biota to 
enhance nutrient availability can be understood.

The Bacterial Microbiome
As with AM fungi, plant diversity was not a good predictor of 
bacterial α-diversity. This supports the conclusion that plant and 
bacterial diversity are often uncoupled (Wardle, 2006; Prober et al., 
2015). However, the ß-diversity of bacterial communities in roots 
and soils was influenced by the diversity and composition of plants 
(Table 3, Figure 8). Bacterial indicator taxa and shifts in relative 
abundance under +N were observed under the different planting 
combinations (Figure 9). Relative abundance of Verrucomicrobia 
declined significantly with +N (Figures 9C–D), on roots of 
Southlow (Figure 9A), and in soils under Cave-in-Rock (Figure 9B). 

This finding corroborates previous studies that show that 
verrucomicrobial abundance is influenced by N availability in soils 
(Ramirez et al., 2012; Shen et al., 2017). Gemmatimonadetes were 
indicators of +N in our study, which supports results from Nemergut 
et al. (2008). It has been proposed that bacterial taxa dominant and 
active in the rhizosphere, including Gemmatimonadetes, may be 
superior competitors for plant-derived C exudates (Gkarmiri et al., 
2017), which can increase under +N despite reduced root biomass 
allocation (Badri and Vivanco, 2009).

Increasing resource availability can influence the abundance and 
functioning of bacterial taxa involved with nutrient cycling (Dai et al., 
2018). Relative abundance of bacterial taxa related to N-cycling 
declined predictably after +N in our experiment. Putative N2-fixing 
taxa determined previously from switchgrass roots (Bahulikar 
et  al., 2014) such as Rhizobium, Methylobacterium, Burkholderia, 
and Azoarcus were present in roots and soil in our experiment. As 
predicted, the relative abundance of the putative N2-fixing families 
Agrobacterium, Caulobacter, and Clostridium (Zehr et al., 2003; 
Bahulikar et al., 2014) declined significantly after +N (Figures 9C–D). 
Known nitrifying taxa, Nitrospira and Crenarchaeota consistently 
increased in relative abundance after +N (Figures 9C–D), which 
supports conclusions of many previous studies that these taxa 
should become more abundant with N enrichment (Treusch et al., 
2005; Zhou et al., 2015). Interestingly, a previous study showed a 
potential competitive shift between bacterial Nitrospira and archaeal 
Crenarchaeota at high N fertilization rates, but this was not observed 
in our experiment (Bates et al., 2011). Additional research is necessary 
to examine how shifts in the structure of bacterial communities may 
influence their function on roots and in the soil.

CONCLUSIONS

Our results provide a baseline for switchgrass microbiome 
research. Functional diversity of soil microbial symbionts, 
though sometimes ecologically coherent and exhibiting 
phylogenetic trait conservatism (Martiny et al., 2013; Philippot 
et al., 2010), is influenced by taxa-specific interactions with the 
environment and other organisms (Martiny et al., 2015). We 
focused on the important nutritional relationships between 
plants and their AM fungal or bacterial microbiomes in the 
context of resource trade theories but are aware of other valuable 
functional roles played by both AM fungal and rhizobacterial 
communities such as biological control of pathogens and pests, 
drought tolerance, or induced systemic resistance. Research 
and methods that can further tease apart the multifunctionality 
of microbiomes in field studies will be critical to the developing 
field of plant and soil microbiome management in grasslands 
(Bender et al., 2016; Toju et al., 2018). This work can help 
generate hypotheses for future targeted studies that link 
microbiome assembly with microbial function and facilitation 
of plant nutrition and health. For example, what relationships 
can be identified between plant nutrition, plant productivity, 
or bioenergy production and the shifts in microbial nutrient 
cycling functions? How are quantities and types of soil organic 
carbon under different planting mixtures affecting bacterial 
community structure and function in perennial feedstock 
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cropping systems over time? Across broad geographic ranges, 
are there consistent plant–microbial responses to fertilization 
regimes? Future research of plant growth–promoting 
microorganisms should identify specific P- and N-cycling 
microbial functions in field-based studies along nutrient 
availability gradients to determine thresholds where microbial 
benefits to plants can be maximized.
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