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Large eukaryotic genomes are packaged into the restricted area of the nucleus to protect the genetic code and provide a dedicated environment to read, copy and repair DNA. The physical organisation of the genome into chromatin loops and self-interacting domains provides the basic structural units of genome architecture. These structural arrangements are complex, multi-layered, and highly dynamic and influence how different regions of the genome interact. The role of chromatin structures during transcription via enhancer-promoter interactions is well established. Less understood is how nuclear architecture influences the plethora of chromatin transactions during DNA replication and repair. In this review, we discuss how genome architecture is regulated during the cell cycle to influence the positioning of replication origins and the coordination of DNA double strand break repair. The role of genome architecture in these cellular processes highlights its critical involvement in preserving genome integrity and cancer prevention.
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INTRODUCTION
The fundamental functional and structural unit of chromatin are nucleosomes, which consist of a histone octamer wrapped twice with DNA (Giles and Taberlay, 2019; Luger et al., 1997). Arranging DNA within chromatin enables compaction of the genetic material within the nuclear volume and protects the DNA from the innate immune system and its cytoplasmic nucleases. The 3D structure of the genome is assembled through chromatin folding and the spatial organisation of large chromatin domains, creating distinct regulatory compartments for processes like transcription, DNA repair, and replication (Boettiger et al., 2016; Figures 1A–D). This physical compartmentalisation segregates transcriptionally active and inactive regions of the genome and is critical for establishing and maintaining replication timing (Bonev and Cavalli, 2016; Marchal et al., 2019). The 3D structure of the genome is assembled by architectural proteins that include CCCTC-binding factor (CTCF) and the structural maintenance of chromosomes (SMC) proteins within the cohesin and condensin complexes. These proteins promote the formation of chromatin loops and provide barrier elements that insulate genomic regions (Boettiger et al., 2016; Bonev and Cavalli, 2016; Phillips-Cremins et al., 2013; Pombo and Dillon, 2015; Rajderkar et al., 2023; Rao et al., 2014; Schalbetter et al., 2017; Sofueva et al., 2013). Despite our understanding of the molecular determinants of genome architecture there remains many unknowns regarding the biophysical principals of spatial genome compartmentalisation.
[image: Figure 1]FIGURE 1 | Layers of 3D genome organisation. (A) Whole chromosomes are spatially positioned into territories within the nucleus. (B) Chromosomes are organised globally into A and B mega base scale compartments within each chromosome territory. (C) Within A/B compartments there is regions organisation of highly self-interacting topologically associated domains (TADs) that are connected by TAD boundaries. (D) TADs are comprised of locally organised chromatin loops largely organised by cohesin and CTCF. Created with Biorender.com.
The hierarchical levels of 3D genome compartmentalisation are defined in interphase nuclei using chromosome conformation capture sequencing technologies such as Hi-C (Dekker et al., 2002; Lieberman-Aiden et al., 2009; Rao et al., 2014) (Figures 1A–D). Chromosomes occupy distinct non-overlapping nuclear territories (Figure 1A) (Hubner and Spector, 2010) classified into multi-megabase (Mb) scale A and B compartments (Figure 1B). The A compartments are transcriptionally active, gene-rich, preferentially located in the nuclear interior, and replicated in early S-phase (Lieberman-Aiden et al., 2009). Whereas B compartments are transcriptionally inactive, gene-poor, heterochromatic, and associated with late S-phase replication (Lieberman-Aiden et al., 2009). A/B compartments are further grouped into A1-A2, and B1-B4, which are linked to distinct genomic features (Lieberman-Aiden et al., 2009). For example, A1 compartments are associated with nuclear speckles (Chen et al., 2018), B1 compartments with polycomb bodies (Rao et al., 2014), and B2 and B3 compartments with lamin associated domains (LADs) (Rao et al., 2014; van Schaik et al., 2020).
Within the large-scale A/B compartments are smaller topologically associating domains (TADs) that consist of two main features: a highly self-interacting domain and boundary elements that restrict interactions between distinct TADs (Figure 1C; Dixon et al., 2012; Pombo and Dillon, 2015; Rao et al., 2014). TADs are largely, but not entirely, stable between cell types (Criscione et al., 2016). Hi-C methods now produce 3D genome maps of sufficient resolution to define nested subTADs within larger TADs. SubTADs are structurally akin to TADs but exhibit weaker boundaries and remain functionality undefined (Norton et al., 2018). Within TADs and subTADs are chromatin loops regulated by cohesin and CTCF (Figure 1D)(Szabo et al., 2020). Cohesin-regulated loop extrusion generates chromatin interactions, whereas CTCF insulates TADs by reducing inter-TAD contacts (Szabo et al., 2020). At the DNA-histone interface within the chromatin loops, the 3D genome is influenced through nucleosome phasing regulated by ATP-dependent chromatin remodelers (Barutcu et al., 2016; de Dieuleveult et al., 2016; Giles et al., 2019). Collectively, 3D genome topology is a multilayered structure regulated locally though nucleosome positioning, regionally via chromatin looping and TAD domains, and globally through large scale organisation of A/B compartments.
In addition to regulating transcription, TADs also delineate discrete replication domains and constrain the spreading of DNA damage markers around DNA double-stranded breaks (DSBs) (Arnould and Legube, 2020; Dixon et al., 2012; Pope et al., 2014). Notably, the boundaries between TADs are enriched for replication origins, active transcription, and become strengthened after DNA repair (Emerson et al., 2022; Sanders et al., 2020). Compared to cell-type specific TAD boundaries, evolutionally stable TAD boundaries have increased sequence conservation, higher enrichment of house-keeping genes, and greater CTCF binding (McArthur and Capra, 2021). This suggests important biological functions are regulated within these inter-TAD regions. However, many questions about TAD functions remain unanswered. For example, there is only a limited understanding of how endogenous genetic variation, exogenous stress, and skeletal forces (e.g., actin and microtubules) contribute to active TAD dynamics or plasticity. Further, we have a limited understanding of how disrupted TAD structures impact genome stability.
The connection between 3D genome structure and transcription is extensively reviewed (Bonev and Cavalli, 2016; Han et al., 2024; Krijger and de Laat, 2016; Kumar et al., 2021; Schoenfelder and Fraser, 2019; van Steensel and Furlong, 2019). Here we focus instead on the 3D genome during mammalian cell cycle progression and the role of the 3D genome in DNA replication and repair. Specifically, we discuss key steps in the transition between interphase and mitosis that preserve 3D genome memory; the order of DNA replication; and the role of the 3D chromatin architecture in maintaining genome integrity after DNA damage.
3D GENOME AND THE CELL CYCLE
The cell cycle is an ordered, continuous series of events that controls genome replication and chromosome segregation. (Matthews et al., 2022). For over two decades, it has been evident that the cell cycle impacts the dynamic properties of the 3D genome (Dekker et al., 2002). More recently, single cell Hi-C experiments have demonstrated that cell cycle dependent changes are a major contributor to the dynamic organisation of the genome during interphase (Nagano et al., 2017; Naumova et al., 2013). During interphase the locations of the borders that define TADs were unchanged, but their intensity/insulation is dynamic. Insulation cannot be measured in mitotic cells but reaches a maximum as interphase nuclear architecture is reestablished during G1 phase. As cells enter S-phase, insulation (a measure of chromatin contacts across TAD boundaries) declines and plateaus at its lowest point in mid-S phase through to G2. The loss of insulation during S-phase coincides with the timing of replication. Early replicating TAD boundaries lose insulation in early S-phase and mid-late S-replicating boundaries lose insulation in mid-late S-phase. These findings suggest that replication across TAD borders or neighboring regions disrupts their chromatin contacts (Nagano et al., 2017; Naumova et al., 2013). Conversely, the kinetics of interphase A/B compartmentalisation differs from TADs. A/B compartmentalisation is weakest during G1 and increases across the cell cycle reaching a maximum in G2 before mitotic chromosome condensation dramatically restructures the genome during mitosis (Nagano et al., 2017). This implies that TADs and A/B compartments have distinct functions in interphase. Studying the restructuring of the genome during mitosis has provided many valuable insights into the principles governing genome organisation.
Compacting the 3D genome for mitosis
The timely and ordered assembly of compact mitotic chromosomes during prophase is crucial for the faithful segregation in anaphase (Samejima et al., 2018). As cells enter mitosis the nuclear envelope breaks down and within the first minutes of prophase the A/B compartments and TADs are dismantled and little to no detectable signal remains in metaphase (Figure 2A; Gibcus et al., 2018; Nagano et al., 2017; Naumova et al., 2013; Zhang and Blobel, 2023). Loss of TADs and A/B compartments coincide with cohesin removal and condensin loading on the chromosome arms (Gibcus et al., 2018; Samejima et al., 2018; Waizenegger et al., 2000). Condensin I and II are the architectural scaffolds that control metaphase chromatin compaction and folding. During metaphase, when the chromosomes are highly condensed, chromatin contact frequency is high for regions within 10 Mb but rare for regions separated by more than 10 Mb (Naumova et al., 2013). Polymer modelling based on Hi-C observations suggests that mitotic chromosome condensation involves compaction of linear genome segments into 60 kilobase (kb) loops that are nested within larger 400 kb loops (Gibcus et al., 2018). Multiple condensin motors then create a helical “staircase” scaffold, which use loop extrusion to promote the axial compaction of the 400 kb loops into highly condensed mitotic chromatin (Figure 2A; Dey et al., 2023; Gibcus et al., 2018; Naumova et al., 2013).
[image: Figure 2]FIGURE 2 | 3D genome organisation upon cell cycle exit and re-entry. (A) Progression from metaphase to anaphase/telophase involves a change in the spatial positioning of DNA with the mitotic spindle pulling sister-chromatids in opposite directions from the metaphase plate. At this time, there is initial unwinding of chromatin and the beginning of interphase compartment formation. As cells exit mitosis, condensin is replaced with cohesin, and CTCF returns to all its binding sites for the formation of structural loops along with enhancer-promoter loops. (B) In Early G1 there is a burst of F-actin that facilitates nuclear volume expansion. A/B compartments and TADs become more defined across G1 and a subset of the mitotic enhancer-promoter loops are lost in favour of more cohesin/CTCF structural loops. (C) Senescent cells that have exited the cell cycle form senescence associated heterochromatin foci and have altered chromatin compartments. Created with Biorender.com.
Inactivating the condensin I and II complexes that coordinate the restructuring of chromatin during mitosis has provided valuable insights into their roles in this process (Gibcus et al., 2018). Depleting condensin complexes during interphase alters the assembly of mitotic chromatin, with specific mitotic A/B compartments partitioned, including the aggregation of facultative and constitutive heterochromatin (Zhao et al., 2024). While the TADs and local chromatin loops are still undetectable when the condensins are inactivated, cells are incapable of normal mitotic exit and they undergo mitotic slippage (Gibcus et al., 2018). This suggests that condensin complexes play key roles in both transitioning chromatin from interphase to mitotic structure and maintaining the mitotic chromatin structure until chromosome segregation is complete in telophase. Condensin is then replaced by cohesin during telophase when the chromatin structure begins to reform (Figure 2A) (Abramo et al., 2019; Zhang et al., 2019; Zhang H. et al., 2021). Temporal regulation of SMC complex switching from cohesin to condensin, and back, are thus key events in 3D genome transition at mitotic entry and exit. There is some evidence that other chromatin markers such as phosphorylation of histone 3 serine 10 (H3S10ph) and/or histone 3 lysine 9 di-methylation (H3K9me2) play a role in chromatin compaction (Castellano-Pozo et al., 2013; Lin et al., 2016; Wei et al., 1999). However, how these epigenetic modifications and their corresponding regulators alter the kinetics of TAD and A/B compartment dismantling for mitosis is yet to be determined.
Organising the interphase 3D genome
Interphase chromosome positioning and spatial arrangement begins in telophase and continues into G1. In telophase, chromosomes rapidly decondense from rod-like mitotic structures into more spherical shapes, with chromatin destined for the A compartment expanding more rapidly than chromatin that will occupy the B compartment (Nagano et al., 2017). A/B compartment boundaries are established early, but long-range loop formation is a slow process that continues across the entirety of interphase (Abramo et al., 2019). In contrast, TAD structures form more rapidly beginning in telophase, with the establishment of TAD boundaries and their spatial positioning coinciding with the replication timing decision point (TDP), ∼3 h into G1 (Abramo et al., 2019; Dileep et al., 2015; Zhang et al., 2019). Architectural protein CTCF is dispensable for A/B compartment establishment after mitotic exit but is required for formation of short-range interphase chromatin loops (Zhang et al., 2019; Zhang H. et al., 2021). This is achieved by partial retention of CTCF on metaphase chromatin, coupled with rapid recovery of complete CTCF chromatin binding in anaphase/telophase (Figure 2A), to facilitate establishment of CTCF-cohesin dependent chromatin loops by early G1 (Zhang et al., 2019). Enhancer-promoter driven loops also form in anaphase and telophase (Zhang et al., 2019). These early enhancer-promoter loops are initially more prominent than CTCF-cohesin structural loops, indicative of their faster reconstruction upon mitotic exit (Figure 2A). As cells progress through G1, an increasing number of structural loops form and a subset of the early enhancer-promoter loops disappear (Figure 2B; Zhang et al., 2019). Acute CTCF depletion in mitosis restricts cohesin loop extrusion, resulting in persistence of the early enhancer-promoter loops into late G1 (Zhang H. et al., 2021). The function of early enhancer-promoter loops during late mitosis is unknown but their timing suggests a role in re-establishing genome architecture.
It is unclear how the genome architecture is preserved through cell division. Certain chromatin associated proteins and chromatin features have been proposed to act as a “mitotic bookmarks” to guide the assembly of genome organisation during interphase. The binding of RNA polymerase II (RNA pol II) to chromatin positions cohesin during the G1 transition (Zhang S. et al., 2021). Mitotic RNA pol II depletion can disrupt A/B compartments and the formation of TADs in G1, establishing a strong connection between transcription and 3D genome architecture (Zhang S. et al., 2021). Several transcription factors also possess mitotic bookmarking features that promote transcription restart upon mitotic exit (Blobel et al., 2009; Caravaca et al., 2013; Kadauke et al., 2012; Young et al., 2007; Zhao et al., 2011), how these transcription factors impact the 3D genome remains unclear.
Chromatin modifications could also have a role in establishing interphase genome organisation during mitotic exit. Bookmarking stem cell lineage-specific genes with histone 3 lysine 27 acetylation (H3K27ac) facilitates their rapid expression in early G1. This process is enhanced, but not strictly dependent on, the formation of interphase chromatin architecture (Pelham-Webb et al., 2021). H3K27ac also facilitates reformation of A compartments in condensin depleted mitotic chromatin (Zhao et al., 2024). The loss of mitotic H3K27ac, however, only impacts transcription, and not 3D genome organisation in G1-phase stem cells (Pelham-Webb et al., 2021). Therefore, H3K27ac contributes to redundant pathways that govern reestablishment of 3D genome architecture upon mitotic exit. H3K9me2 is an evolutionally conserved marker of heterochromatin that persists through mitosis and marks chromatin destined for the nuclear lamina (NL) (Poleshko et al., 2019). This helps rapidly establish genome organisation at the nuclear edge before cells exit mitosis (Poleshko et al., 2019), helping to reset peripheral chromatin structure for G1 re-entry.
Nuclear lamina in 3D genome organisation
As established above, 3D genome organisation is established as the nuclear envelope reforms during mitotic exit. The nuclear lamina lines the inner surface of the nuclear envelope in eukaryotic cells and anchors heterochromatin domains to the nuclear envelope. The nuclear lamina (NL) is created through physical association of Lamin proteins (A-type and B-type) with the nuclear envelope and other factors. These interactions are essential for maintaining nuclear structure, regulating DNA replication, and controlling gene expression (Wong et al., 2022). The separation and organisation of heterochromatic Lamin associated domains (LADs) at the nuclear periphery is achieved by interactions between chromatin modifications, chromatin-binding proteins, and Lamins. Depletion of Lamin C (A-type) disrupts the association of heterochromatin LADs with the NL as cells enter interphase (Wong et al., 2021), and heterochromatin-associated histone modifications H3K9me2 and H3K9me3 mark spatially restricted LADs tethered to NL (Kind et al., 2013; Poleshko et al., 2019; van Schaik et al., 2020). Notably, a significant number of NL-LAD interactions are established within the first hour of nuclear envelope formation (Figure 2B). In terms of specific genomic regions, Telomere-proximal LADs attach to the NL rapidly, whereas centromere-proximal LADs accumulate more slowly (Crabbe et al., 2012; van Schaik et al., 2020). Contacts between NL-LADs shuffle stochastically with each cell cycle, but remain constrained, and stable throughout interphase (Jurisic et al., 2018; Kind et al., 2013; van Schaik et al., 2020). Why stochastic shuffling of NL-LADs occurs is unknown, but it indicates a degree of flexibility in genome organisation at this scale between cell cycles. The flexibility could be harnessed in response to environmental stresses where chromatin at the nuclear periphery is at higher risk to damage such as exposure to exogenous sources of DNA damage and nuclear envelope rupture.
Nuclear filamentous actin in 3D genome organisation
As cells enter G1, filamentous actin (F-actin) supports nuclear structure by assisting with nuclear envelope reassembly, nuclear positioning, and chromatin organisation. F-actin within the nucleus mechanically supports daughter nuclei formation through nuclear protrusions and nuclear volume expansion (Figure 2B; Baarlink et al., 2017; Svitkina, 2018). F-actin driven nuclear expansion facilitates chromosome decondensation and diffusion within the first hour of G1, after which the nuclear F-actin is disassembled but its contribution to genome organisation persists into late G1 (Baarlink et al., 2017). Inhibiting F-actin polymerisation, but not branching, impairs post-mitotic nuclear expansion and chromatin organisation implicating F-actin generated intra-nuclear forces in the maintenance of genome architecture (Baarlink et al., 2017). It remains unclear, if nuclear F-actin directly interacts with chromatin to reshape the 3D genome, or if nuclear F-actin indirectly enables chromatin expansion by increasing the nuclear volume to establish the space required for interphase chromatin. F-actin’s role in genome organisation is also not strictly limited to nuclear reassembly in G1. F-actin can also reposition genomic regions for telomere maintenance, replication fork repair, and homologous recombination during S-phase and G2 (Harman et al., 2024; Lamm et al., 2020; Lamm et al., 2021; Schrank et al., 2018). Further investigation is needed to determine if F-actin has a similar role in nuclear organisation in non-cycling cells.
Chromatin organisation during quiescence, senescence and differentiation
Quiescence is a reversible non-proliferating state caused by nutritional restriction and/or a reduction of growth factors. Transition between quiescence and active proliferation in adult hematopoietic stem cells is associated with 3D genome reorganisation (Takayama et al., 2021). Specifically, CTCF mediated 3D chromatin looping alters the transcriptional control of “stemness” genes and cell fate transitions (Takayama et al., 2021). Yeast also undergo 3D genome reorganisation in quiescence, during which condensin mediates chromatin condensation, and there are respective decreases and increases in centromere and telomere interactions (Rutledge et al., 2015). Embryonic stem cells (ESCs) use quiescence to retain plasticity to generate both embryonal and extra-embryonal cell types (Khoa et al., 2024). The extent, if any, of 3D genome reorganisation for this transition is unknown.
Senescence is a permanent halt to cell proliferation induced by cellular stress, including DNA damage and/or replicative ageing, or physiological differentiation into post-mitotic tissues including neurons, end stage B cells, or cardiomyocytes (Terzi et al., 2016). Both stress-induced and physiological senescence are associated with partial 3D genome reorganisation into senescence-associated heterochromatin foci (SAHF) (Pombo and Dillon, 2015; Shaban and Gasser, 2023; Terzi et al., 2016). Each SAHF is formed from a single chromosome and corresponds with reduced transcription (Figure 2C; Swanson et al., 2015; Terzi et al., 2016). Within the 3D genome of cells experiencing early replicative senescence, there are increases in long range chromatin interactions, CTCF clustering, and partial compartment switching (Zirkel et al., 2018). During late replicative senescence, short range chromatin interactions increase, as does TAD compartmental switching. TAD boundaries, however, remain conserved (Criscione et al., 2016).
Differentiation of neuronal stem cells into astrocytes, which are largely considered post-mitotic, also corresponds with changes in genome organisation, but TAD boundaries remain consistent (Sofueva et al., 2013). Depleting cohesin in astrocytes confers a global relaxation, but not an abolishment of TADs, suggesting other features maintain genome structure in differentiated post-mitotic cells (Sofueva et al., 2013). It is possible that 3D genome alteration in these cells results from LAD disruption, which is known to occur in senescent cells. In agreement, depleting Lamin B1 artificially alters the NL, resulting in heterochromatin reorganisation and SAHF formation (Sadaie et al., 2013; Shaban and Gasser, 2023). Additionally, neural progenitor cells in Down’s syndrome patients display 3D genome reorganisation coincident with LAD disturbance and the appearance of senescence hallmarks (Meharena et al., 2022). If 3D genome alteration is a cause or consequence of senescence, however, remains to be determined.
DNA REPLICATION
DNA replication is the duplication of DNA for transmission of genetic information into daughter cells upon cell division. During DNA replication, genetic and epigenetic information stored in the DNA, histones and 3D structure of the genome needs to be preserved to maintain genome stability and cell identity. DNA replication begins from replication origins, then proceeds bidirectionally through the DNA in a semiconservative manner. Each replication fork synthesises a leading strand in the same direction as the fork progression and a lagging strand synthesised as 100-200bp discontinuous Okazaki fragments in the opposite direction that are joined by DNA ligase (Snedeker et al., 2017).
In eukaryotes, DNA replication is performed according to a strict replication timing (RT) programme that coordinates the deployment of the replication machinery across the genome through the coordinated activation of selected replication origins. RT is observed at the megabase scale (Mb) with “timing domains” replicating via clusters of replication origins, that fire at similar times during S-phase. The regulation of origin firing by the RT programme ensures the genome is copied in its entirety, once and only once, per cell cycle in a timely manner preventing genetic mutations and larger structural chromosome rearrangements that have the potential to drive tumorigenesis or trigger cell death (Hu and Stillman, 2023; O’donnell et al., 2013).
Replication timing and the 3D genome
The regulatory mechanisms that control replication timing are not well understood, but significant progress has been made by studying the 3D organisation of timing domains. The pattern of RT domains across the genome closely resembles the long-range genome interaction maps, providing strong evidence that the 3D organisation of the genome is important for determining replication timing (Figures 3A, B; Ryba et al., 2010). RT is also correlated with nuclear positioning, chromatin accessibility and transcription (Dileep et al., 2015; Pope et al., 2014). Regions that replicate early during S-phase are positioned within transcriptionally active TADs, in the A compartment. In contrast, late-replicating regions are located within transcriptionally silent TADs and LADs, enriched with heterochromatin histone modifications, and in the B compartment located at the nuclear and nucleolar periphery (Jackson and Pombo, 1998; Marchal et al., 2019). The replication timing programme is evolutionarily conserved and changes during cell differentiation, coinciding with the remodeling of the 3D genome (Marchal et al., 2019). During differentiation, loci that shift from early to later replication, frequently re-localise to the nuclear periphery (Hiratani et al., 2008). Despite these observations, the precise biological relevance of RT has been challenging to address. It has been difficult to determine whether RT is a consequence of genome organisation, chromatin structure, or gene expression, and whether it plays a direct role in these processes.
[image: Figure 3]FIGURE 3 | The 3D genome in DNA replication and repair. (A) The timing decision point occurs early in G1, during which, early replicating chromatin is positioned near the centre of the nucleus, while the late replicating DNA is nearer to the nuclear boundary. Late G1 is the origin decision point. Here chromatin structural loops bring together licenced origins to be activated in S-phase and initiate DNA synthesis occurs. (B) Within “A” compartments are early replicating domains (RD) with higher density of replication initiation sites compared to late RDs in “B” compartments. Direction of replication measured by OK-seq and indicates forks moving to the right (red) or left (blue). (C) Upon DSB induction γH2AX signalling is spread within the damaged TAD via chromatin contacts, except for at active gene promoters, and bordered by CTCF binding. Local 3D genome structure is rearranged to form open chromatin around the break site (blue), surrounded by a compact chromatin boarder (red). For NHEJ, 53BP1 is released from LADs and stabilises the break site for repair with RIF1, while for HR, BRCA1 promotes end resection that signals to actin for break clustering into a D-compartment for repair. Created with Biorender.com.
Recent research into the molecular determinants of RT and its regulation during development has provided strong evidence that the spatiotemporal coordination of replication is essential for preserving the epigenome and shaping the 3D structure of the genome (Vouzas and Gilbert, 2023). Genetic dissection of ‘Rap1 interacting factor 1’ (RIF1), a key regulator of RT, has provided much-needed insights into the links between RT and genome organisation. RIF1 was first identified in yeast as a regulator of telomere length and transcriptional silencing (Hardy et al., 1992). Subsequent studies revealed its critical roles in replication timing, genome organisation, epigenome preservation, and DNA repair (Alavi et al., 2021; Chen and Buonomo, 2023). RIF1’s interaction with Protein Phosphatase 1 (PP1) is critical for its roles in RT and genome organisation. However, expression of RIF1 mutants that cannot bind PP1 can partially restore RT, suggesting that RIF1 may have PP1-dependent and independent roles in RT regulation.
The recruitment of RIF1 to late replicating chromatin provides the most probable locations of its critical PP1 targets (Gnan et al., 2021; Hiraga et al., 2017; Sukackaite et al., 2017). RIF1’s ability to bind to PP1 may partially contribute to replication timing by counteracting origin firing at late replicating regions by opposing the ‘DBF4-dependent kinase’ (DDK)-mediated phosphorylation of the minichromosome maintenance (MCM) complex (Alver et al., 2017; Hiraga et al., 2014; Mattarocci et al., 2014). In humans, DDK inhibition suppresses DNA synthesis within late replicating genomic regions via a process that requires RIF1 and ‘Ataxia telangiectasia and Rad3 related’ (ATR) (Jones et al., 2021; Rainey et al., 2020). The timing-specific differences observed in these studies suggest that the order of replication may in part be achieved through varying the requirements for DDK activity. Late replicating regions rely more heavily on DDK activity to overcome RIF1 and ATR-dependent suppression of origin firing. In contrast, early replicating domains, where RIF1 is absent, require minimal DDK activity for origin firing. In fact, cyclin-dependent kinase (CDK) activity has been shown to compensate for the inhibition of DDK during early S-phase (Suski et al., 2022).
Investigating RIF1’s role in genome organisation is also providing insights into the broader requirements for RT. During G1 phase, RIF1 participates in the re-establishment of the 3D nuclear architecture by restricting interactions between replication domains with similar replication timing (Foti et al., 2016). Loss of RIF1 leads to widespread changes in replication timing and the distribution of histone modifications, followed by alterations in genome organisation and limited alterations in gene expression (Klein et al., 2021). RIF1’s role in genome organisation is highly sensitive to RIF1 dosage, whereas its role in RT requires complete loss of function. Partial loss of RIF1 (haploinsufficiency) disrupts chromatin organisation without affecting RT, demonstrating that its genome organisation roles can be uncoupled from RT phenotypes. The different phenotypic outcomes between partial and complete loss of RIF1 suggests that genome organisation does not strictly define RT (Chen and Buonomo, 2023; Gnan et al., 2021). For example, MCM6 depletion causes widespread changes in RT without impacting genome organisation (Peycheva et al., 2022). Moreover, directly disrupting genome organisation via cohesin or CTCF depletion does not impact RT (Oldach and Nieduszynski, 2019; Sima et al., 2019).
Replication machinery and the 3D genome
While not influencing RT, cohesin instead impacts DNA replication by influencing the processivity of replication machinery and the positioning and selection of replications origins (Figure 3A). Cohesin can act as a physical obstacle to the replisome, and conditions that stabilise chromatin-bound cohesin or disrupt sister chromatid cohesin lead to reduced replication fork speed (Carvajal-Maldonado et al., 2019; Morales et al., 2020; Terret et al., 2009). The cohesin complex is enriched at a highly efficient subset of replication origins that are positioned at TAD boundaries (Figures 3A, B) (Courbet et al., 2008; Emerson et al., 2022; Giles et al., 2022; Guillou et al., 2010; MacAlpine et al., 2010). However, the mechanisms underlying how replication origins are positioned at TAD boundaries is a matter of debate, with multiple models proposed to explain this phenomenon. One possibility is that cohesin-mediated loop extrusion could slide the pre-replicative MCM complexes along chromatin until they reach an appropriate CTCF boundary element (Emerson et al., 2022). An alternative model is that MCM complexes may act as physical barriers themselves that restrict cohesin translocation, halting or pausing loop extrusion at replication origins (Dequeker et al., 2022). This model suggests that inactive MCM complexes are loaded onto chromatin in G1 to establish the 3D structure of the genome. Finally, loading of cohesin by the MCM complex and DDK during sister chromatid cohesin could also explain the enrichment of cohesin at origins but these sites would not necessarily be positioned at TAD boundaries (Zheng et al., 2018). Resolving how replication origins are assembled at TAD boundaries will address fundamental questions about the mechanisms required for origin positioning, selection, and the role of the 3D genome structure in this process.
DNA replication and epigenome maintenance
Disrupting RT interferes with the maintenance of the epigenome (Klein et al., 2021). Precisely how RT contributes to the accurate distribution of histone modifications is unclear, but an exciting possibility is via the recycling of parental histone. During replication, histone chaperones are recruited to the replisome to couple DNA unwinding with the disassembly of parental nucleosomes (Groth et al., 2007; Yang et al., 2016). Modified parental histones are recycled and combined with newly synthesised naive histones during chromatin assembly behind the replication fork. The recycling of parental histones provides positional information for chromatin readers and writers that ensure the histone modifications are not diluted during replication (Flury and Groth, 2024). Recent methods for analysing the distribution of parental histones on newly replicated DNA are providing valuable mechanistic insights into how the replisome directs epigenetic inheritance (Escobar et al., 2021; Petryk et al., 2021). These techniques include a CRISPR-biotinylation system to track parental nucleosome segregation at single loci and chromatin occupancy after replication (ChOR)-seq (Escobar et al., 2019; Petryk et al., 2021). The symmetrical segregation of parental histones onto the leading and lagging strands during DNA replication is crucial for maintaining the epigenome in daughter cells. Asymmetric segregation of parental histones can suppress differentiation in mouse embryonic stem cells (ESCs) (Wenger et al., 2023) and promote tumour growth and invasion (Tian et al., 2023). The asymmetric segregation of parental histones into daughter cells may also contribute to establishing different cell fates during development through asymmetric cell divisions (Wooten et al., 2020).
Molecular mechanisms that coordinate the recycling of parental nucleosomes have been identified with MCM2 and the fork protection complex protein Mrc1/Claspin recycling parental H3-H4 tetramers. Mrc1 is capable of shuttling parental H3-H4 tetramers to leading or lagging strands (Charlton et al., 2024). The histone chaperone, nucleophosmin (NPM1) is also critical for nucleosome segregation within late replicating facultative heterochromatin. NPM1 binds polycomb repressive complex 2 (PRC2) and MCM2 to ensure H3K27me3 is maintained within the repressed chromatin domains (Escobar et al., 2022). It is unclear how the 3D organisation of the genome and the timing of replication ensure the accurate recycling of parental nucleosomes. Histone chaperones may be tightly regulated or recruited to replication forks within particular TADs at specific times in S-phase (Escobar et al., 2021; Escobar et al., 2019), which raises the question of how temporal recruitment could be achieved. Future studies focusing on the regulation and recruitment of histone chaperones in combination with Hi-C, ChOR-seq and Repli-seq, will provide further insights into how replication ensure accurate inheritance of the epigenome.
Genome organisation and replication during development
Early-stage embryos provide a unique setting to study the establishment of genome architecture and RT. Technical advances in single-cell Repli-Seq (scRepli-Seq) have enabled high-resolution profiling of replication states within individual S-phase cells (Dileep and Gilbert, 2018; Takahashi et al., 2019). scRepli-Seq has been used to examine the earliest embryonic divisions revealing that nuclear organisation is established in the zygote before RT, which appears at the 4-cell stage (Nakatani et al., 2024; Takahashi et al., 2024; Xu et al., 2024). These findings demonstrate that RT is established prior to embryonic genome activation and operates independently of transcription. Prior to the establishment of RT, cells display signs of replication stress with slow fork speed, fork stalling and fork collapse during the first S-phase in 1-cells embryos (Palmerola et al., 2022). Chromosome breaks can be observed at the 4- to 8-cell divisions with breakpoints typically localised to late-replicating gene-poor regions (Xu et al., 2024). By the 8-cell stage, RT is established and fork speed increases and chromosome aberrations are reduced. These findings suggest replication stress during the early embryonic divisions when the 3D genome, RT, and epigenetic regulation are being established could be a source of genomic instability that contributes to germline mutations (Takahashi et al., 2024). Investigating the cause of replication stress and the tolerance pathways that suppress and repair DNA damage in these early embryonic divisions will be critical for understanding its contribution to de novo mutations and improving in vitro fertilisation techniques.
DNA REPAIR
Efficient, high-fidelity DNA repair is critical to maintain genome integrity. Genomes endure thousands of lesions per day, from endogenous sources such as replication errors, and exogenous threats such as toxins or radiation. DSBs are the most dangerous form of DNA damage and can arise from ionizing radiation (IR), X-rays, ultraviolet (UV) light, reactive oxygen species, replication stress, toxic chemicals, and/or aberrant enzyme activity (Chang et al., 2017; Jackson and Bartek, 2009; Tubbs and Nussenzweig, 2017). DSBs also occur during specific physiological processes including V[D]J recombination, immunoglobulin class-switching, and meiotic sister chromatid exchange (Jackson and Bartek, 2009). Unrepaired or mis-repaired DSBs are a major source of genome instability with potential catastrophic consequences, including cell death and oncogenesis (Jackson and Bartek, 2009; Szmyd et al., 2025; Tubbs and Nussenzweig, 2017).
The cellular response to DSBs is initiated through the DNA damage response (DDR). Following genome damage, the master kinases ‘ataxia-telangiectasia mutated’ (ATM), ATR, and/or ‘DNA-dependent protein kinase ‘(DNA-PK) are activated to coordinate cell cycle arrest, nuclear cytoskeleton function, modulation of the 3D genome, and DNA repair (Arnould et al., 2023; Blackford and Jackson, 2017; Caron et al., 2015; Jackson and Bartek, 2009; Menolfi and Zha, 2022). At the chromatin level, ATM, ATR, and DNA-PK rapidly phosphorylate the modified histone variant H2AX on ser139, termed γ-H2AX when phosphorylated, in the break adjacent chromatin. γ-H2AX modification is an early step in the DDR and establishes the early alterations to damaged chromatin that potentiate eventual DNA restoration.
After initial DDR activation, DSBs are repaired through four cell-cycle dependent repair pathways. Non-homologous end joining (NHEJ) functions through the cell cycle and is the primary, and potentially only, DSB repair pathway available in G1 phase (Branzei and Foiani, 2008; Guirouilh-Barbat et al., 2008; Hustedt and Durocher, 2016; Rothkamm et al., 2003). Microhomology mediated end joining (MMEJ), single strand annealing (SSA), and homologous recombination (HR) function in S and G2 (Branzei and Foiani, 2008; Chang et al., 2017; Hustedt and Durocher, 2016; Rothkamm et al., 2003). MMEJ also has mitotic repair activity (Brambati et al., 2023; Wang et al., 2018) and may function at low levels in G1 (Truong et al., 2013; Xiong et al., 2015). In addition to cell cycle stage, several other factors influence repair pathway choice; including DNA end resection at the break site, the local chromatin state, transcriptional activity in the effected genomic region, and DNA mobility (Aymard et al., 2014; Carvalho et al., 2014; Pfister et al., 2014; Symington and Gautier, 2011).
The 3D genome creates functional regional compartments for DNA repair
Chromatin A/B compartments are respectively linked to euchromatin and heterochromatin. Euchromatin A compartments have a higher incident of endogenous breaks from enzyme induced damage (Canela et al., 2016; Lensing et al., 2016), whereas heterochromatin B compartments are more likely to obtain breaks from UV irradiation, but confer protection from ionising radiation (Fortuny and Polo, 2018; Takata et al., 2013). Chromatin in both A and B compartments has been reported as susceptible to replication stress induced damage (Crosetto et al., 2013; Fortuny and Polo, 2018). The kinetics of γH2AX foci formation after DNA damage differs between euchromatin and heterochromatin. γH2AX foci form immediately after damage in euchromatin but have a delayed response in heterochromatin (Natale et al., 2017). When multiple DSBs are induced by expression of the AsiSI restriction endonuclease, there is an approximate 15% switch of B to A compartments (Zagelbaum et al., 2023). Therefore, while genome breaks confer some large-scale changes to 3D genome architecture, most A/B compartments remain unaffected.
At a regional level, TAD structure has a strong connection to γH2AX spreading around DSBs. Following break induction, γH2AX generally decorates 1–2 Mb of chromatin in a bidirectional but asymmetric fashion around the DNA lesion. γH2AX spreading is largely, but not exclusively, constrained to the affected TAD (Figure 3C)(Arnould and Legube, 2020; Collins et al., 2020; Iacovoni et al., 2010). Re-creating a break in the identical location results in similar TAD-constrained γH2AX spreading (Arnould and Legube, 2020; Arnould et al., 2021). Shifting break location to a different region of the same TAD redistributes γH2AX around the break but retains γH2AX within the affected TAD (Arnould et al., 2021). Interestingly, the spatial spreading of γH2AX occurs via 3D chromatin interactions from the DSB site, not linearly through the TAD (Figure 3C)(Arnould and Legube, 2020; Caron et al., 2012; Collins et al., 2020). Additionally, the data suggest that TAD boundaries strengthen when a nuclease-induced DSB occurs, which is dependent on ATM (Arnould et al., 2023). This likely insulates the TAD and constrains γH2AX from spreading to adjacent TAD structures. In agreement, disrupting TAD boundaries increases γH2AX spreading into neighbouring TADs (Collins et al., 2020). TADs thus compartmentalise DDR activity within the regional 3D genome structure.
53BP1 is a DDR marker that also localizes within TAD structure following DSB induction (Ochs et al., 2019). This is consistent with the strong overlap between 53BP1 and γH2AX immunofluorescence foci following damage induction. Super resolution imaging demonstrated that 53BP1 forms nanodomains that alternate with RIF1 in a ring structure at DSBs (Figure 3C; Ochs et al., 2019). Each nanodomain is occupied by an individual TAD, and this structure is proposed to safeguard genome integrity (Ochs et al., 2019). Depleting RIF1, or expressing a mutant 53BP1 that prevents RIF1 recruitment, disrupts the cytological ring structure, confers aberrant spreading of repair proteins, and promotes hyper-resection of DNA ends (Ochs et al., 2019). This is phenocopied by cohesin depletion, suggesting cohesin and RIF1 cooperate to preserve the 3D genome structure and promote NHEJ (Ochs et al., 2019).
The tight connection between TADs, γH2AX, and 53BP1 foci raises the question of how DSBs in different elements of 3D genome architecture, such as TAD boundaries vs. domains, influence DNA repair pathway choice and genome stability. For instance, DSBs buried within TADs may impair repair factor availability for HR. There is no concordance between TADs and linkage disequilibrium (Whalen and Pollard, 2019), implying that physiologically induced breaks for non-sister chromatin recombination in meiosis do not occur at TAD boundaries. In contrast, DSBs are enriched at TAD boundaries during neuronal degeneration, leading to reduced TAD definition and fewer chromatin loops (Dileep et al., 2023). This suggests that DSBs in TAD boundaries are disruptive to 3D genome structure and are likely more detrimental to genome function.
DSB spatially reorganise local 3D genome structure
The local chromatin structure surrounding DSBs is spatially modified after break induction. Laser mediated DNA damage triggers immediate compaction around the DSB (Lou et al., 2019). This is followed shortly thereafter by chromatin decompaction at the lesion and establishment of a ring of compact chromatin surrounding the break (Figure 3C; Burgess et al., 2014; Lou et al., 2019; Luijsterburg et al., 2016). Following break induction, PARP1 recruits the ATP-dependent chromatin remodeller CHD2 to the lesion, triggering chromatin expansion and deposition of the histone variant H3.3 (Luijsterburg et al., 2016). Chromatin compaction status at DSBs is further governed by ATM and the downstream ubiquitinase RNF8. RNF8 and its target RNF168 regulate large scale ubiquitinylation of chromatin at DSB sites to promote repair (Doil et al., 2009; Feng et al., 2024; Krais et al., 2021; Mattiroli et al., 2012; Stewart et al., 2009). Inhibiting ATM or RNF8 disrupts the compact chromatin border established around DSBs (Lou et al., 2019). Creating a compacted border surrounding an open lesion likely constricts 53BP1 and γH2AX to the surrounding TAD, and prevents transcriptional interference at the break, whilst leaving the lesion accessible to repair factors (Lou et al., 2019; Natale et al., 2017).
In yeast, DSBs commonly move to the periphery for repair (Nagai et al., 2008; Oza et al., 2009). This, however, is not readily observed in mammalian cells except for rDNA and alpha satellites (Harding et al., 2015; Tsouroula et al., 2016; van Sluis and McStay, 2015). Chromatin does, however, mobilise in mammalian cells to cluster DSBs and compartmentalise the genome for repair. DSB clustering is more prominent in A compartments and enriched during G1 repair of breaks in active genes (Arnould et al., 2023; Aten et al., 2004; Aymard et al., 2017). Clustering has been hypothesised to delay NHEJ, which may be detrimental to active genes, and promote HR later in the cell cycle (Aymard et al., 2017). 3D genome architecture is altered as DSB cluster to form “D compartments” (Figure 3C; Arnould et al., 2023). D-compartments generally have a strong correlation with γH2AX, contain active histone marks and upregulated genes containing R-loops (Arnould et al., 2023). R-loops are three-stranded RNA-DNA hybrids formed during transcription, with active roles in gene regulation, class-switching recombination and DNA replication in physiological conditions, but can also cause DNA damage and genome instability (Petermann et al., 2022; Sollier and Cimprich, 2015). R-loops can be structural barriers for cohesin (Wulfridge et al., 2023; Zhang et al., 2023) and may play a role in limiting cohesin-mediated loop extrusion in DSB clustering.
The rearrangement of 3D genome structure for DSB clustering appears to be potentiated through mechanical forces (Lamm et al., 2021). A series of papers identified that nuclear-based actin polymerisation, mediated by the F-actin nucleator Arp2/3, its activator WASP, and actin regulators Formin-2 and Spire-1/2, function in DSB and replication stress repair (Figure 3C; Belin et al., 2015; Schrank et al., 2018; Zagelbaum et al., 2023). WASP co-localises with γH2AX in both G1 and G2, whereas Arp2/3 is only found at DSBs in G2 (Schrank et al., 2018). Restriction of Arp2/3 binding at breaks to G2, may be a feature that delays active gene repair until a homologous chromosome is available. Nucleus-specific actin also functions in replication stress repair, which is mediated by HR factors, consistent with actin related forces functioning in recombinational DNA restoration (Lamm et al., 2020).
Microtubule forces are also implicated in some specific DNA repair outcomes (Kim, 2022). Partially depleting the telomere protective factor TRF2 promotes DDR-positive telomeres that remain resistant to NHEJ-dependent covalent ligations (Cesare et al., 2013; Van Ly et al., 2018). These DDR-positive telomeres cluster within nuclear regions co-stained for 53BP1 and γH2AX immunofluorescence (Cesare et al., 2013; Timashev et al., 2017), and both ATM and 53BP1 are required for telomere mobility in the absence of repair (Dimitrova et al., 2008). Clustering is therefore a function of the upstream DDR, and not necessarily dependent upon repair. NHEJ-dependent ligation of telomeres completely lacking TRF2 is mediated by microtubule forces, potentiated to the nucleus through the transnuclear membrane LINC complex (Lottersberger et al., 2015). This suggests that cytoskeletal forces originating from the cell body can potentiate chromatin mobility in the nucleus. There is an emerging understanding of potential roles for microtubules in DNA repair (Gerlitz et al., 2013; Lerit and Poulton, 2016; Ma et al., 2021; Oshidari et al., 2018; Shokrollahi et al., 2024). At present, it is unclear if microtuble forces alter the 3D genome compartments or TAD structures.
DSB clustering may compartmentalise the genome for efficient repair at the potential cost of chromosome aberrations (Arnould et al., 2023; Aten et al., 2004; Aymard et al., 2017). Translocations in cancer are enriched in D-compartments (Arnould et al., 2023) and inhibiting the F-actin nucleator Arp2/3 both prevents B to A compartment switching after DSB and reduces translocation risk (Zagelbaum et al., 2023). Translocations, however, still occur in Arp2/3 inhibited cells from mis-repaired NHEJ, indicating that translocations can occur independent of DSB clustering (Zagelbaum et al., 2023). It is possible this stems from microtubule forces, consistent with the NHEJ-telomere telomere-telomere fusions observed in cells completely devoid of TRF2 (Lottersberger et al., 2015).
Chromatin architectural proteins facilitate DSB repair
Chromatin architectural proteins play important roles in both TAD structure and DSB clustering. CTCF is recruited to DSBs within seconds of lesion creation. This is mediated through PARylation and the CTCF zinc finger 4–6 (ZNF4-6) domain (Han et al., 2017; Hilmi et al., 2017). Following recruitment, CTCF flanks the DSB and creates a boundary to confine γH2AX foci. This both preserves 3D genome organisation and promotes efficient HR repair (Han et al., 2017; Hilmi et al., 2017; Lang et al., 2017; Natale et al., 2017). Deleting ZNF4-6, or chemically inhibiting PARylation, prevents CTCF recruitment and increases IR susceptibility (Han et al., 2017; Lang et al., 2017). CTCF depletion also increases chromosomal instability, end-to-end fusions, DNA breaks, and apoptosis (Hilmi et al., 2017; Lang et al., 2017).
CTCF directly interacts with DDR and HR factors, including MDC1, Rad51 and Ago2, to promote repair (Lang et al., 2017). Roles for CTCF in HR include BRCA1-independent BRCA2 recruitment and Rad51 foci formation (Hilmi et al., 2017; Lang et al., 2017). Notably, while CTCF colocalises with 53BP1, it does not contribute to NHEJ, nor effect 53BP1 recruitment or clearance (Hilmi et al., 2017; Lang et al., 2017). Consistent with CTCF promoting HR, depleting CTCF increases NHEJ incidence 34% while reducing HR efficiency by 47% (Lang et al., 2017). CTCF, and presumably chromatin looping, therefore, helps maintain genome stability by promoting effective HR.
Cohesin also functions in DSB repair by promoting loop extrusion around break sites but does so independent of CTCF (Arnould et al., 2021). In yeast, cohesin spreads extensively around DSBs (Oum et al., 2011; Strom et al., 2004; Unal et al., 2004), whereas cohesin spreading in mammals is restricted to the 2–5 kb adjacent to the break (3C)(Arnould et al., 2021; Caron et al., 2012). Loading cohesin at mammalian DSBs requires NIPBL, ATM kinase, and the repair factor MRE11, all of which have a similar binding distribution around break sites (Arnould et al., 2021; Caron et al., 2015; Dileep et al., 2023). Cohesin binds either side of the DSB and promotes one-sided loop extrusion to increase chromatin contacts surrounding the break site. This continues until arrested by a chromatin boundary (Arnould et al., 2021; Arnould et al., 2023). ATM inhibition abolishes cohesin-mediated loop extrusion at breaks, while DNA-PKcs inhibition increases it, potentially skewing repair pathway choice (Arnould et al., 2023; Caron et al., 2015). As nucleosomes that contain H2AX pass cohesin during this loop extrusion, H2AX is rapidly phosphorylated to become γH2AX (Arnould et al., 2021). The exception is H2AX in active gene promoters which are not phosphorylated to maintain transcription (Figure 3C; Caron et al., 2012). Cohesin depletion increases the intensity of γH2AX signal in ChIP-chip experiments, corresponding with a transcription downregulation within the γH2AX demarcated domain (Caron et al., 2012).
Cohesin functions vary between break location. In some genomic locations, cohesin confines γH2AX spreading, while in others γH2AX domains spread independent of cohesin (Caron et al., 2012). It remains unclear if cohesin is a driver or passenger to this process, and the potential impact of chromatin context, nucleosome positioning, and/or the cell cycle on cohesin-mediated repair functions. Cohesin also limits the mobility of DSBs by tethering broken ends to protect them from spontaneous end joining. Following DNA replication in S and carrying into G2, cohesin links the two sister chromatids to repress distant end joining and promote repair through the adjacent chromatid (Gelot et al., 2016). However, during replication stress, cohesin increases end joining through NHEJ and MMEJ, which can result in chromosome fusions (Gelot et al., 2016). Cohesin therefore mediates loop-extrusion to promote repair activation and protects transcriptional output through γH2AX exclusion at promoters. Cohesin also supresses DSB mobility by tethering broken ends to protect against deletions, inversions, translocations and chromosome fusions mediated by unscheduled end joining.
Lamins impact DNA repair, though little mechanistic detail is known. Lamin B1 controls the release of 53BP1 after DSB induction (Figure 3C; Etourneaud et al., 2021). Moreover, Lamin B1 overexpression also impedes 53BP1 recruitment to DSBs, impairs NHEJ, and results in persistent breaks and increased damage sensitivity (Dileep et al., 2023; Etourneaud et al., 2021). The related factor Lamin A also impacts 53BP1 and NHEJ. Lamin A is required for the processing of dysfunctional telomere heterochromatin by NHEJ through stabilisation of 53BP1 (Gonzalez-Suarez et al., 2009), and depleting of Lamin A results in genome instability through telomere shortening (Gonzalez-Suarez et al., 2009). Further work is required to better understand the role of Lamins and LADs in chromatin organisation for DNA repair. A deeper exploration of these dynamics will shed light on the broader relationship between nuclear architecture and DNA repair.
Radiation-induced DNA damage
Most studies investigating the 3D genome in DNA repair utilise defined DNA breaks induced by CRISPR or other nucleases. Little is known about how simultaneous induction of multiple stochastically positioned different types of breaks, as occurs following irradiation, effects 3D genome architecture. One study did investigate 3D genome structure in G1/G0 arrested BJ-5ta foreskin fibroblasts and cycling GM12878 lymphoblastoid cells following ionising radiation (IR) (Sanders et al., 2020). At 24 h post-IR, Fibroblasts displayed decreased contacts between chromosome arms. GM12878, however, had a variable response, with an overall initial gain in interactions that were lost by 24 h (Sanders et al., 2020). These differing responses could be due to cell cycle phase, repair kinetics, or potential differences in the type of breaks such as single-stranded to double-stranded break ratio. IR failed to induce consistent changes at the A/B compartment level, but did promote significant increases in TAD boundary strength that remained up to 5 days post IR in all cell types tested (Sanders et al., 2020). Like nuclease-induced breaks, the increase in TAD insulation was dependent on ATM (Sanders et al., 2020). Additionally, cohesin binding was reinforced after IR, (Kim et al., 2010), which may contribute to the increased TAD boundary strength. Why TADs are more insulated following IR remains an open question.
DISCUSSION
In this review, we have highlighted the role for the 3D genome in the processes of DNA replication, DNA repair and cell cycle progression. While extensive progress has been made connecting genome structure and function, our understanding is far from complete. The development of degron models, such as dTAG, Auxin-degron (AID) and PROTAC, to rapidly deplete chromatin architectural proteins can help further resolve the cell cycle kinetics of chromatin architecture in different cell types and disease models. For example, depletion of cohesin with AID has demonstrated rapid loss of chromatin loops following, of which the majority were reformed within 1 h after releasing from AID-directed protein degradation (Rao et al., 2017). Collectively degron studies degrading chromatin architectural proteins, including cohesin, CTCF and WAPL, to study gene regulation have identified that while local enhancer-promoter interactions are lost, there is only a modest effect on transcription and no significant change to histone modifications or A/B compartments (Hsieh et al., 2022; Hyle et al., 2023; Kriz et al., 2021; Luan et al., 2021; Rao et al., 2017). To date, these studies have not considered the implications for DNA replication, repair or cell cycle kinetics.
Higher-resolution 3D genome maps such as through Micro-C (Hamley et al., 2023) and Hi-ChIP (Bhattacharyya et al., 2019) can also help gain a greater understanding of how these regulating factors control chromatin loops. Leveraging these advanced tools will be pivotal in uncovering the intricacies of chromatin dynamics at higher resolution in a time resolved manner. Unifying our understanding of DNA replication at different genomic scales will also be critical to understanding how thousands of replication forks are deployed to copy genetic and epigenetic information. Advances in BrdU and EdU detection using nanopore sequencing may supersede current DNA fibre assays and provide a much needed technique to bridge our knowledge of replication forks dynamics with genome organisation and epigenetic regulation (Hennion et al., 2020; Jones et al., 2022; Muller et al., 2019).
Understanding 3D genome plasticity provides critical insights into the mechanisms underlying various diseases and their treatments, as there is evidence TAD structure is dynamically altered within diseases such as cancer and neurodegeneration (Dileep et al., 2023; Taberlay et al., 2016). In cancer, the 3D genome can be remodelled upon exposure to epigenetic or chemotherapy, leading to decreased cancer associated gene expression and reduced proliferation (Achinger-Kawecka et al., 2024; Achinger-Kawecka et al., 2020). Cohesin subunit STAG2 has been identified as synthetic lethal with STAG1, suggesting chromatin architectural proteins may be a promising therapeutic target (van der Lelij et al., 2020). Further, new druggable regulators of the 3D genome have been discovered through a high throughput screen (Park et al., 2023), highlighting how the 3D genome can be targeted for improved patient outcomes. Understanding the intricate dynamics of the 3D genome and genome stability not only holds promise for refining therapeutic approaches but also offers invaluable insights into a myriad of genomic technologies, paving the way for transformative advancements in both healthcare and research.
AUTHOR CONTRIBUTIONS
KG: Conceptualisation, Investigation, Visualisation, Writing–original draft, Writing–review and editing. PT: Funding acquisition, Supervision, Visualisation, Writing–review and editing. AC: Funding acquisition, Supervision, Writing–review and editing. MJ: Conceptualisation, Funding acquisition, Investigation, Writing–original draft, Writing–review and editing.
FUNDING
The author(s) declare that financial support was received for the research, authorship, and/or publication of this article. P.C.T is supported by the National Health and Medical Research Council (1176417 & 1161985). A.J.C. is supported by a fellowship (FT210100858) and grants (DP210103885, DP240101869) from the Australian Research Council.
ACKNOWLEDGMENTS
The authors thank members of the Cesare, Taberlay and Jones laboratories, as well as Noa Lamm, for their helpful discussions in preparing this manuscript.
GENERATIVE AI STATEMENT
The author(s) declare that no Generative AI was used in the creation of this manuscript.
PUBLISHER’S NOTE
All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.
REFERENCES
 Abramo, K., Valton, A. L., Venev, S. V., Ozadam, H., Fox, A. N., and Dekker, J. (2019). A chromosome folding intermediate at the condensin-to-cohesin transition during telophase. Nat. Cell. Biol. 21 (11), 1393–1402. doi:10.1038/s41556-019-0406-2
 Achinger-Kawecka, J., Stirzaker, C., Portman, N., Campbell, E., Chia, K. M., Du, Q., et al. (2024). The potential of epigenetic therapy to target the 3D epigenome in endocrine-resistant breast cancer. Nat. Struct. Mol. Biol. 31 (3), 498–512. doi:10.1038/s41594-023-01181-7
 Achinger-Kawecka, J., Valdes-Mora, F., Luu, P. L., Giles, K. A., Caldon, C. E., Qu, W., et al. (2020). Epigenetic reprogramming at estrogen-receptor binding sites alters 3D chromatin landscape in endocrine-resistant breast cancer. Nat. Commun. 11 (1), 320. doi:10.1038/s41467-019-14098-x
 Alavi, S., Ghadiri, H., Dabirmanesh, B., Moriyama, K., Khajeh, K., and Masai, H. (2021). 'G-quadruplex binding protein Rif1, a key regulator of replication timing. J. Biochem. 169 (1), 1–14. doi:10.1093/jb/mvaa128
 Alver, R. C., Chadha, G. S., Gillespie, P. J., and Blow, J. J. (2017). Reversal of DDK-mediated MCM phosphorylation by rif1-PP1 regulates replication initiation and replisome stability independently of ATR/Chk1. Cell. Rep. 18 (10), 2508–2520. doi:10.1016/j.celrep.2017.02.042
 Arnould, C., and Legube, G. (2020). The secret life of chromosome loops upon DNA double-strand break. J. Mol. Biol. 432 (3), 724–736. doi:10.1016/j.jmb.2019.07.036
 Arnould, C., Rocher, V., Finoux, A. L., Clouaire, T., Li, K., Zhou, F., et al. (2021). Loop extrusion as a mechanism for formation of DNA damage repair foci. Nature 590 (7847), 660–665. doi:10.1038/s41586-021-03193-z
 Arnould, C., Rocher, V., Saur, F., Bader, A. S., Muzzopappa, F., Collins, S., et al. (2023). Chromatin compartmentalization regulates the response to DNA damage. Nature 623 (7985), 183–192. doi:10.1038/s41586-023-06635-y
 Aten, J. A., Stap, J., Krawczyk, P. M., Van Oven, C. H., Hoebe, R. A., Essers, J., et al. (2004). Dynamics of DNA double-strand breaks revealed by clustering of damaged chromosome domains. Science 303 (5654), 92–95. doi:10.1126/science.1088845
 Aymard, F., Aguirrebengoa, M., Guillou, E., Javierre, B. M., Bugler, B., Arnould, C., et al. (2017). Genome-wide mapping of long-range contacts unveils clustering of DNA double-strand breaks at damaged active genes. Nat. Struct. Mol. Biol. 24 (4), 353–361. doi:10.1038/nsmb.3387
 Aymard, F., Bugler, B., Schmidt, C. K., Guillou, E., Caron, P., Briois, S., et al. (2014). Transcriptionally active chromatin recruits homologous recombination at DNA double-strand breaks. Nat. Struct. Mol. Biol. 21 (4), 366–374. doi:10.1038/nsmb.2796
 Baarlink, C., Plessner, M., Sherrard, A., Morita, K., Misu, S., Virant, D., et al. (2017). A transient pool of nuclear F-actin at mitotic exit controls chromatin organization. Nat. Cell. Biol. 19 (12), 1389–1399. doi:10.1038/ncb3641
 Barutcu, A. R., Lajoie, B. R., Fritz, A. J., Mccord, R. P., Nickerson, J. A., Van Wijnen, A. J., et al. (2016). SMARCA4 regulates gene expression and higher-order chromatin structure in proliferating mammary epithelial cells. Genome Res. 26 (9), 1188–1201. doi:10.1101/gr.201624.115
 Belin, B. J., Lee, T., and Mullins, R. D. (2015). DNA damage induces nuclear actin filament assembly by Formin -2 and Spire-½ that promotes efficient DNA repair. [corrected]. Elife 4, e07735. doi:10.7554/eLife.07735
 Bhattacharyya, S., Chandra, V., Vijayanand, P., and Ay, F. (2019). Identification of significant chromatin contacts from HiChIP data by FitHiChIP. Nat. Commun. 10 (1), 4221. doi:10.1038/s41467-019-11950-y
 Blackford, A. N., and Jackson, S. P. (2017). ATM, ATR, and DNA-PK: the trinity at the heart of the DNA damage response. Mol. Cell. 66 (6), 801–817. doi:10.1016/j.molcel.2017.05.015
 Blobel, G. A., Kadauke, S., Wang, E., Lau, A. W., Zuber, J., Chou, M. M., et al. (2009). A reconfigured pattern of MLL occupancy within mitotic chromatin promotes rapid transcriptional reactivation following mitotic exit. Mol. Cell. 36 (6), 970–983. doi:10.1016/j.molcel.2009.12.001
 Boettiger, A. N., Bintu, B., Moffitt, J. R., Wang, S., Beliveau, B. J., Fudenberg, G., et al. (2016). Super-resolution imaging reveals distinct chromatin folding for different epigenetic states. Nature 529 (7586), 418–422. doi:10.1038/nature16496
 Bonev, B., and Cavalli, G. (2016). Organization and function of the 3D genome. Nat. Rev. Genet. 17 (12), 772. doi:10.1038/nrg.2016.147
 Brambati, A., Sacco, O., Porcella, S., Heyza, J., Kareh, M., Schmidt, J. C., et al. (2023). RHINO directs MMEJ to repair DNA breaks in mitosis. Science 381 (6658), 653–660. doi:10.1126/science.adh3694
 Branzei, D., and Foiani, M. (2008). Regulation of DNA repair throughout the cell cycle. Nat. Rev. Mol. Cell. Biol. 9 (4), 297–308. doi:10.1038/nrm2351
 Burgess, R. C., Burman, B., Kruhlak, M. J., and Misteli, T. (2014). Activation of DNA damage response signaling by condensed chromatin. Cell. Rep. 9 (5), 1703–1717. doi:10.1016/j.celrep.2014.10.060
 Canela, A., Sridharan, S., Sciascia, N., Tubbs, A., Meltzer, P., Sleckman, B. P., et al. (2016). DNA breaks and end resection measured genome-wide by end sequencing. Mol. Cell. 63 (5), 898–911. doi:10.1016/j.molcel.2016.06.034
 Caravaca, J. M., Donahue, G., Becker, J. S., He, X., Vinson, C., and Zaret, K. S. (2013). Bookmarking by specific and nonspecific binding of FoxA1 pioneer factor to mitotic chromosomes. Genes. Dev. 27 (3), 251–260. doi:10.1101/gad.206458.112
 Caron, P., Aymard, F., Iacovoni, J. S., Briois, S., Canitrot, Y., Bugler, B., et al. (2012). Cohesin protects genes against γH2AX Induced by DNA double-strand breaks. PLoS Genet. 8 (1), e1002460. doi:10.1371/journal.pgen.1002460
 Caron, P., Choudjaye, J., Clouaire, T., Bugler, B., Daburon, V., Aguirrebengoa, M., et al. (2015). Non-redundant functions of ATM and DNA-PKcs in response to DNA double-strand breaks. Cell. Rep. 13 (8), 1598–1609. doi:10.1016/j.celrep.2015.10.024
 Carvajal-Maldonado, D., Byrum, A. K., Jackson, J., Wessel, S., Lemacon, D., Guitton-Sert, L., et al. (2019). Perturbing cohesin dynamics drives MRE11 nuclease-dependent replication fork slowing. Nucleic Acids Res. 47 (3), 1294–1310. doi:10.1093/nar/gky519
 Carvalho, S., Vitor, A. C., Sridhara, S. C., Martins, F. B., Raposo, A. C., Desterro, J. M., et al. (2014). SETD2 is required for DNA double-strand break repair and activation of the p53-mediated checkpoint. Elife 3, e02482. doi:10.7554/eLife.02482
 Castellano-Pozo, M., Santos-Pereira, J. M., Rondon, A. G., Barroso, S., Andujar, E., Perez-Alegre, M., et al. (2013). R loops are linked to histone H3 S10 phosphorylation and chromatin condensation. Mol. Cell. 52 (4), 583–590. doi:10.1016/j.molcel.2013.10.006
 Cesare, A. J., Hayashi, M. T., Crabbe, L., and Karlseder, J. (2013). The telomere deprotection response is functionally distinct from the genomic DNA damage response. Mol. Cell. 51 (2), 141–155. doi:10.1016/j.molcel.2013.06.006
 Chang, H. H. Y., Pannunzio, N. R., Adachi, N., and Lieber, M. R. (2017). Non-homologous DNA end joining and alternative pathways to double-strand break repair. Nat. Rev. Mol. Cell. Biol. 18 (8), 495–506. doi:10.1038/nrm.2017.48
 Charlton, S. J., Flury, V., Kanoh, Y., Genzor, A. V., Kollenstart, L., Ao, W., et al. (2024). The fork protection complex promotes parental histone recycling and epigenetic memory. Cell. 187 (18), 5029–5047 e21. doi:10.1016/j.cell.2024.07.017
 Chen, N., and Buonomo, S. C. B. (2023). Three-dimensional nuclear organisation and the DNA replication timing program. Curr. Opin. Struct. Biol. 83, 102704. doi:10.1016/j.sbi.2023.102704
 Chen, Y., Zhang, Y., Wang, Y., Zhang, L., Brinkman, E. K., Adam, S. A., et al. (2018). Mapping 3D genome organization relative to nuclear compartments using TSA-Seq as a cytological ruler. J. Cell. Biol. 217 (11), 4025–4048. doi:10.1083/jcb.201807108
 Collins, P. L., Purman, C., Porter, S. I., Nganga, V., Saini, A., Hayer, K. E., et al. (2020). DNA double-strand breaks induce H2Ax phosphorylation domains in a contact-dependent manner. Nat. Commun. 11 (1), 3158. doi:10.1038/s41467-020-16926-x
 Courbet, S., Gay, S., Arnoult, N., Wronka, G., Anglana, M., Brison, O., et al. (2008). Replication fork movement sets chromatin loop size and origin choice in mammalian cells. Nature 455 (7212), 557–560. doi:10.1038/nature07233
 Crabbe, L., Cesare, A. J., Kasuboski, J. M., Fitzpatrick, J. A., and Karlseder, J. (2012). Human telomeres are tethered to the nuclear envelope during postmitotic nuclear assembly. Cell. Rep. 2 (6), 1521–1529. doi:10.1016/j.celrep.2012.11.019
 Criscione, S. W., De Cecco, M., Siranosian, B., Zhang, Y., Kreiling, J. A., Sedivy, J. M., et al. (2016). Reorganization of chromosome architecture in replicative cellular senescence. Sci. Adv. 2 (2), e1500882. doi:10.1126/sciadv.1500882
 Crosetto, N., Mitra, A., Silva, M. J., Bienko, M., Dojer, N., Wang, Q., et al. (2013). Nucleotide-resolution DNA double-strand break mapping by next-generation sequencing. Nat. Methods 10 (4), 361–365. doi:10.1038/nmeth.2408
 De Dieuleveult, M., Yen, K., Hmitou, I., Depaux, A., Boussouar, F., Bou Dargham, D., et al. (2016). Genome-wide nucleosome specificity and function of chromatin remodellers in ES cells. Nature 530 (7588), 113–116. doi:10.1038/nature16505
 Dekker, J., Rippe, K., Dekker, M., and Kleckner, N. (2002). Capturing chromosome conformation. Science 295 (5558), 1306–1311. doi:10.1126/science.1067799
 Dequeker, B. J. H., Scherr, M. J., Brandao, H. B., Gassler, J., Powell, S., Gaspar, I., et al. (2022). MCM complexes are barriers that restrict cohesin-mediated loop extrusion. Nature 606 (7912), 197–203. doi:10.1038/s41586-022-04730-0
 Dey, A., Shi, G., Takaki, R., and Thirumalai, D. (2023). Structural changes in chromosomes driven by multiple condensin motors during mitosis. Cell. Rep. 42 (4), 112348. doi:10.1016/j.celrep.2023.112348
 Dileep, V., Ay, F., Sima, J., Vera, D. L., Noble, W. S., and Gilbert, D. M. (2015). Topologically associating domains and their long-range contacts are established during early G1 coincident with the establishment of the replication-timing program. Genome Res. 25 (8), 1104–1113. doi:10.1101/gr.183699.114
 Dileep, V., Boix, C. A., Mathys, H., Marco, A., Welch, G. M., Meharena, H. S., et al. (2023). Neuronal DNA double-strand breaks lead to genome structural variations and 3D genome disruption in neurodegeneration. Cell. 186 (20), 4404–4421 e20. doi:10.1016/j.cell.2023.08.038
 Dileep, V., and Gilbert, D. M. (2018). Single-cell replication profiling to measure stochastic variation in mammalian replication timing. Nat. Commun. 9 (1), 427. doi:10.1038/s41467-017-02800-w
 Dimitrova, N., Chen, Y. C., Spector, D. L., and De Lange, T. (2008). 53BP1 promotes non-homologous end joining of telomeres by increasing chromatin mobility. Nature 456 (7221), 524–528. doi:10.1038/nature07433
 Dixon, J. R., Selvaraj, S., Yue, F., Kim, A., Li, Y., Shen, Y., et al. (2012). Topological domains in mammalian genomes identified by analysis of chromatin interactions. Nature 485 (7398), 376–380. doi:10.1038/nature11082
 Doil, C., Mailand, N., Bekker-Jensen, S., Menard, P., Larsen, D. H., Pepperkok, R., et al. (2009). RNF168 binds and amplifies ubiquitin conjugates on damaged chromosomes to allow accumulation of repair proteins. Cell. 136 (3), 435–446. doi:10.1016/j.cell.2008.12.041
 Emerson, D. J., Zhao, P. A., Cook, A. L., Barnett, R. J., Klein, K. N., Saulebekova, D., et al. (2022). Cohesin-mediated loop anchors confine the locations of human replication origins. Nature 606 (7915), 812–819. doi:10.1038/s41586-022-04803-0
 Escobar, T. M., Loyola, A., and Reinberg, D. (2021). Parental nucleosome segregation and the inheritance of cellular identity. Nat. Rev. Genet. 22 (6), 379–392. doi:10.1038/s41576-020-00312-w
 Escobar, T. M., Oksuz, O., Saldana-Meyer, R., Descostes, N., Bonasio, R., and Reinberg, D. (2019). Active and repressed chromatin domains exhibit distinct nucleosome segregation during DNA replication. Cell. 179 (4), 953–963 e11. doi:10.1016/j.cell.2019.10.009
 Escobar, T. M., Yu, J. R., Liu, S., Lucero, K., Vasilyev, N., Nudler, E., et al. (2022). Inheritance of repressed chromatin domains during S phase requires the histone chaperone NPM1. Sci. Adv. 8 (17), eabm3945. doi:10.1126/sciadv.abm3945
 Etourneaud, L., Moussa, A., Rass, E., Genet, D., Willaume, S., Chabance-Okumura, C., et al. (2021). Lamin B1 sequesters 53BP1 to control its recruitment to DNA damage. Sci. Adv. 7 (35), eabb3799. doi:10.1126/sciadv.abb3799
 Feng, L. L., Bie, S. Y., Deng, Z. H., Bai, S. M., Shi, J., Qin, C. L., et al. (2024). Ubiquitin-induced RNF168 condensation promotes DNA double-strand break repair. Proc. Natl. Acad. Sci. U. S. A. 121 (28), e2322972121. doi:10.1073/pnas.2322972121
 Flury, V., and Groth, A. (2024). Safeguarding the epigenome through the cell cycle: a multitasking game. Curr. Opin. Genet. Dev. 85, 102161. doi:10.1016/j.gde.2024.102161
 Fortuny, A., and Polo, S. E. (2018). The response to DNA damage in heterochromatin domains. Chromosoma 127 (3), 291–300. doi:10.1007/s00412-018-0669-6
 Foti, R., Gnan, S., Cornacchia, D., Dileep, V., Bulut-Karslioglu, A., Diehl, S., et al. (2016). Nuclear architecture organized by Rif1 underpins the replication-timing program. Mol. Cell. 61 (2), 260–273. doi:10.1016/j.molcel.2015.12.001
 Gelot, C., Guirouilh-Barbat, J., Le Guen, T., Dardillac, E., Chailleux, C., Canitrot, Y., et al. (2016). The cohesin complex prevents the end joining of distant DNA double-strand ends. Mol. Cell. 61 (1), 15–26. doi:10.1016/j.molcel.2015.11.002
 Gerlitz, G., Reiner, O., and Bustin, M. (2013). Microtubule dynamics alter the interphase nucleus. Cell. Mol. Life Sci. 70 (7), 1255–1268. doi:10.1007/s00018-012-1200-5
 Gibcus, J. H., Samejima, K., Goloborodko, A., Samejima, I., Naumova, N., Nuebler, J., et al. (2018). A pathway for mitotic chromosome formation. Science 359, eaao6135. doi:10.1126/science.aao6135
 Giles, K. A., Gould, C. M., Du, Q., Skvortsova, K., Song, J. Z., Maddugoda, M. P., et al. (2019). Integrated epigenomic analysis stratifies chromatin remodellers into distinct functional groups. Epigenetics Chromatin 12 (1), 12. doi:10.1186/s13072-019-0258-9
 Giles, K. A., Lamm, N., Taberlay, P. C., and Cesare, A. J. (2022). Three-dimensional chromatin organisation shapes origin activation and replication fork directionality. bioRxiv . doi:10.1101/2022.06.24.497492
 Giles, K. A., and Taberlay, P. C. (2019). The role of nucleosomes in epigenetic gene regulation. Clin. Epigenetics , 87–117. doi:10.1007/978-981-13-8958-0_4
 Gnan, S., Flyamer, I. M., Klein, K. N., Castelli, E., Rapp, A., Maiser, A., et al. (2021). Nuclear organisation and replication timing are coupled through RIF1-PP1 interaction. Nat. Commun. 12 (1), 2910. doi:10.1038/s41467-021-22899-2
 Gonzalez-Suarez, I., Redwood, A. B., Perkins, S. M., Vermolen, B., Lichtensztejin, D., Grotsky, D. A., et al. (2009). Novel roles for A-type lamins in telomere biology and the DNA damage response pathway. EMBO J. 28 (16), 2414–2427. doi:10.1038/emboj.2009.196
 Groth, A., Corpet, A., Cook, A. J., Roche, D., Bartek, J., Lukas, J., et al. (2007). Regulation of replication fork progression through histone supply and demand. Science 318 (5858), 1928–1931. doi:10.1126/science.1148992
 Guillou, E., Ibarra, A., Coulon, V., Casado-Vela, J., Rico, D., Casal, I., et al. (2010). Cohesin organizes chromatin loops at DNA replication factories. Genes. Dev. 24 (24), 2812–2822. doi:10.1101/gad.608210
 Guirouilh-Barbat, J., Huck, S., and Lopez, B. S. (2008). 'S-phase progression stimulates both the mutagenic KU-independent pathway and mutagenic processing of KU-dependent intermediates, for nonhomologous end joining. Oncogene 27 (12), 1726–1736. doi:10.1038/sj.onc.1210807
 Hamley, J. C., Li, H., Denny, N., Downes, D., and Davies, J. O. J. (2023). Determining chromatin architecture with Micro capture-C. Nat. Protoc. 18 (6), 1687–1711. doi:10.1038/s41596-023-00817-8
 Han, D., Chen, Q., Shi, J., Zhang, F., and Yu, X. (2017). CTCF participates in DNA damage response via poly(ADP-ribosyl)ation. Sci. Rep. 7, 43530. doi:10.1038/srep43530
 Han, M. H., Park, J., and Park, M. (2024). Advances in the multimodal analysis of the 3D chromatin structure and gene regulation. Exp. Mol. Med. 56 (4), 763–771. doi:10.1038/s12276-024-01246-7
 Harding, S. M., Boiarsky, J. A., and Greenberg, R. A. (2015). ATM dependent silencing links nucleolar chromatin reorganization to DNA damage recognition. Cell. Rep. 13 (2), 251–259. doi:10.1016/j.celrep.2015.08.085
 Hardy, C. F., Sussel, L., and Shore, D. (1992). A RAP1-interacting protein involved in transcriptional silencing and telomere length regulation. Genes. Dev. 6 (5), 801–814. doi:10.1101/gad.6.5.801
 Harman, A., Kartawinata, M., Marou, N. M., Nguyen, D. R., Hughes, W. E., Winardi, K., et al. (2024). Nuclear actin and DNA replication stress regulate the recruitment of human telomerase to telomeres. BioRxiv . doi:10.1101/2024.03.25.586711
 Hennion, M., Arbona, J. M., Lacroix, L., Cruaud, C., Theulot, B., Tallec, B. L., et al. (2020). FORK-seq: replication landscape of the Saccharomyces cerevisiae genome by nanopore sequencing. Genome Biol. 21 (1), 125. doi:10.1186/s13059-020-02013-3
 Hilmi, K., Jangal, M., Marques, M., Zhao, T., Saad, A., Zhang, C., et al. (2017). CTCF facilitates DNA double-strand break repair by enhancing homologous recombination repair. Sci. Adv. 3 (5), e1601898. doi:10.1126/sciadv.1601898
 Hiraga, S., Alvino, G. M., Chang, F., Lian, H. Y., Sridhar, A., Kubota, T., et al. (2014). Rif1 controls DNA replication by directing Protein Phosphatase 1 to reverse Cdc7-mediated phosphorylation of the MCM complex. Genes. Dev. 28 (4), 372–383. doi:10.1101/gad.231258.113
 Hiraga, S. I., Ly, T., Garzon, J., Horejsi, Z., Ohkubo, Y. N., Endo, A., et al. (2017). Human RIF1 and protein phosphatase 1 stimulate DNA replication origin licensing but suppress origin activation. EMBO Rep. 18 (3), 403–419. doi:10.15252/embr.201641983
 Hiratani, I., Ryba, T., Itoh, M., Yokochi, T., Schwaiger, M., Chang, C. W., et al. (2008). Global reorganization of replication domains during embryonic stem cell differentiation. PLoS Biol. 6 (10), e245. doi:10.1371/journal.pbio.0060245
 Hsieh, T. S., Cattoglio, C., Slobodyanyuk, E., Hansen, A. S., Darzacq, X., and Tjian, R. (2022). Enhancer-promoter interactions and transcription are largely maintained upon acute loss of CTCF, cohesin, WAPL or YY1. Nat. Genet. 54 (12), 1919–1932. doi:10.1038/s41588-022-01223-8
 Hu, Y., and Stillman, B. (2023). Origins of DNA replication in eukaryotes. Mol. Cell. 83 (3), 352–372. doi:10.1016/j.molcel.2022.12.024
 Hubner, M. R., and Spector, D. L. (2010). Chromatin dynamics. Annu. Rev. Biophys. 39, 471–489. doi:10.1146/annurev.biophys.093008.131348
 Hustedt, N., and Durocher, D. (2016). The control of DNA repair by the cell cycle. Nat. Cell. Biol. 19 (1), 1–9. doi:10.1038/ncb3452
 Hyle, J., Djekidel, M. N., Williams, J., Wright, S., Shao, Y., Xu, B., et al. (2023). Auxin-inducible degron 2 system deciphers functions of CTCF domains in transcriptional regulation. Genome Biol. 24 (1), 14. doi:10.1186/s13059-022-02843-3
 Iacovoni, J. S., Caron, P., Lassadi, I., Nicolas, E., Massip, L., Trouche, D., et al. (2010). High-resolution profiling of gammaH2AX around DNA double strand breaks in the mammalian genome. EMBO J. 29 (8), 1446–1457. doi:10.1038/emboj.2010.38
 Jackson, D. A., and Pombo, A. (1998). Replicon clusters are stable units of chromosome structure: evidence that nuclear organization contributes to the efficient activation and propagation of S phase in human cells. J. Cell. Biol. 140 (6), 1285–1295. doi:10.1083/jcb.140.6.1285
 Jackson, S. P., and Bartek, J. (2009). The DNA-damage response in human biology and disease. Nature 461 (7267), 1071–1078. doi:10.1038/nature08467
 Jones, M. J. K., Gelot, C., Munk, S., Koren, A., Kawasoe, Y., George, K. A., et al. (2021). Human DDK rescues stalled forks and counteracts checkpoint inhibition at unfired origins to complete DNA replication. Mol. Cell. 81 (3), 426–441 e8. doi:10.1016/j.molcel.2021.01.004
 Jones, M. J. K., Rai, S. K., Pfuderer, P. L., Bonfim-Melo, A., Pagan, J. K., Clarke, P. R., et al. (2022). A high-resolution, nanopore-based artificial intelligence assay for DNA replication stress in human cancer cells. bioRxiv . doi:10.1101/2022.09.22.509021
 Jurisic, A., Robin, C., Tarlykov, P., Siggens, L., Schoell, B., Jauch, A., et al. (2018). Topokaryotyping demonstrates single cell variability and stress dependent variations in nuclear envelope associated domains. Nucleic Acids Res. 46 (22), e135. doi:10.1093/nar/gky818
 Kadauke, S., Udugama, M. I., Pawlicki, J. M., Achtman, J. C., Jain, D. P., Cheng, Y., et al. (2012). Tissue-specific mitotic bookmarking by hematopoietic transcription factor GATA1. Cell. 150 (4), 725–737. doi:10.1016/j.cell.2012.06.038
 Khoa, L. T. P., Yang, W., Shan, M., Zhang, L., Mao, F., Zhou, B., et al. (2024). Quiescence enables unrestricted cell fate in naive embryonic stem cells. Nat. Commun. 15 (1), 1721. doi:10.1038/s41467-024-46121-1
 Kim, B. J., Li, Y., Zhang, J., Xi, Y., Li, Y., Yang, T., et al. (2010). Genome-wide reinforcement of cohesin binding at pre-existing cohesin sites in response to ionizing radiation in human cells. J. Biol. Chem. 285 (30), 22784–22792. doi:10.1074/jbc.M110.134577
 Kim, J. M. (2022). Molecular link between DNA damage response and microtubule dynamics. Int. J. Mol. Sci. 23 (13), 6986. doi:10.3390/ijms23136986
 Kind, J., Pagie, L., Ortabozkoyun, H., Boyle, S., De Vries, S. S., Janssen, H., et al. (2013). Single-cell dynamics of genome-nuclear lamina interactions. Cell. 153 (1), 178–192. doi:10.1016/j.cell.2013.02.028
 Klein, K. N., Zhao, P. A., Lyu, X., Sasaki, T., Bartlett, D. A., Singh, A. M., et al. (2021). Replication timing maintains the global epigenetic state in human cells. Science 372 (6540), 371–378. doi:10.1126/science.aba5545
 Krais, J. J., Wang, Y., Patel, P., Basu, J., Bernhardy, A. J., and Johnson, N. (2021). RNF168-mediated localization of BARD1 recruits the BRCA1-PALB2 complex to DNA damage. Nat. Commun. 12 (1), 5016. doi:10.1038/s41467-021-25346-4
 Krijger, P. H., and De Laat, W. (2016). Regulation of disease-associated gene expression in the 3D genome. Nat. Rev. Mol. Cell. Biol. 17 (12), 771–782. doi:10.1038/nrm.2016.138
 Kriz, A. J., Colognori, D., Sunwoo, H., Nabet, B., and Lee, J. T. (2021). Balancing cohesin eviction and retention prevents aberrant chromosomal interactions, Polycomb-mediated repression, and X-inactivation. Mol. Cell. 81 (9), 1970–1987 e9. doi:10.1016/j.molcel.2021.02.031
 Kumar, S., Kaur, S., Seem, K., Kumar, S., and Mohapatra, T. (2021). Understanding 3D genome organization and its effect on transcriptional gene regulation under environmental stress in plant: a chromatin perspective. Front. Cell. Dev. Biol. 9, 774719. doi:10.3389/fcell.2021.774719
 Lamm, N., Read, M. N., Nobis, M., Van Ly, D., Page, S. G., Masamsetti, V. P., et al. (2020). Nuclear F-actin counteracts nuclear deformation and promotes fork repair during replication stress. Nat. Cell. Biol. 22 (12), 1460–1470. doi:10.1038/s41556-020-00605-6
 Lamm, N., Rogers, S., and Cesare, A. J. (2021). Chromatin mobility and relocation in DNA repair. Trends Cell. Biol. 31 (10), 843–855. doi:10.1016/j.tcb.2021.06.002
 Lang, F., Li, X., Zheng, W., Li, Z., Lu, D., Chen, G., et al. (2017). CTCF prevents genomic instability by promoting homologous recombination-directed DNA double-strand break repair. Proc. Natl. Acad. Sci. U. S. A. 114 (41), 10912–10917. doi:10.1073/pnas.1704076114
 Lensing, S. V., Marsico, G., Hansel-Hertsch, R., Lam, E. Y., Tannahill, D., and Balasubramanian, S. (2016). DSBCapture: in situ capture and sequencing of DNA breaks. Nat. Methods 13 (10), 855–857. doi:10.1038/nmeth.3960
 Lerit, D. A., and Poulton, J. S. (2016). Centrosomes are multifunctional regulators of genome stability. Chromosome Res. 24 (1), 5–17. doi:10.1007/s10577-015-9506-4
 Lieberman-Aiden, E., Van Berkum, N. L., Williams, L., Imakaev, M., Ragoczy, T., Telling, A., et al. (2009). Comprehensive mapping of long-range interactions reveals folding principles of the human genome. Science 326 (5950), 289–293. doi:10.1126/science.1181369
 Lin, S., Yuan, Z. F., Han, Y., Marchione, D. M., and Garcia, B. A. (2016). Preferential phosphorylation on old histones during early mitosis in human cells. J. Biol. Chem. 291 (29), 15342–15357. doi:10.1074/jbc.M116.726067
 Lottersberger, F., Karssemeijer, R. A., Dimitrova, N., and De Lange, T. (2015). 53BP1 and the LINC complex promote microtubule-dependent DSB mobility and DNA repair. Cell. 163 (4), 880–893. doi:10.1016/j.cell.2015.09.057
 Lou, J., Scipioni, L., Wright, B. K., Bartolec, T. K., Zhang, J., Masamsetti, V. P., et al. (2019). Phasor histone FLIM-FRET microscopy quantifies spatiotemporal rearrangement of chromatin architecture during the DNA damage response. Proc. Natl. Acad. Sci. U. S. A. 116 (15), 7323–7332. doi:10.1073/pnas.1814965116
 Luan, J., Xiang, G., Gomez-Garcia, P. A., Tome, J. M., Zhang, Z., Vermunt, M. W., et al. (2021). Distinct properties and functions of CTCF revealed by a rapidly inducible degron system. Cell. Rep. 34 (8), 108783. doi:10.1016/j.celrep.2021.108783
 Luger, K., Mader, A. W., Richmond, R. K., Sargent, D. F., and Richmond, T. J. (1997). Crystal structure of the nucleosome core particle at 2.8 A resolution. Nature 389 (6648), 251–260. doi:10.1038/38444
 Luijsterburg, M. S., De Krijger, I., Wiegant, W. W., Shah, R. G., Smeenk, G., De Groot, A. J. L., et al. (2016). PARP1 links CHD2-mediated chromatin expansion and H3.3 deposition to DNA repair by non-homologous end-joining. Mol. Cell. 61 (4), 547–562. doi:10.1016/j.molcel.2016.01.019
 Ma, S., Rong, Z., Liu, C., Qin, X., Zhang, X., and Chen, Q. (2021). DNA damage promotes microtubule dynamics through a DNA-PK-AKT axis for enhanced repair. J. Cell. Biol. 220 (2), e201911025. doi:10.1083/jcb.201911025
 Macalpine, H. K., Gordan, R., Powell, S. K., Hartemink, A. J., and Macalpine, D. M. (2010). Drosophila ORC localizes to open chromatin and marks sites of cohesin complex loading. Genome Res. 20 (2), 201–211. doi:10.1101/gr.097873.109
 Marchal, C., Sima, J., and Gilbert, D. M. (2019). Control of DNA replication timing in the 3D genome. Nat. Rev. Mol. Cell. Biol. 20 (12), 721–737. doi:10.1038/s41580-019-0162-y
 Mattarocci, S., Shyian, M., Lemmens, L., Damay, P., Altintas, D. M., Shi, T., et al. (2014). Rif1 controls DNA replication timing in yeast through the PP1 phosphatase Glc7. Cell. Rep. 7 (1), 62–69. doi:10.1016/j.celrep.2014.03.010
 Matthews, H. K., Bertoli, C., and De, B.RaM (2022). Cell cycle control in cancer. Nat. Rev. Mol. Cell. Biol. 23 (1), 74–88. doi:10.1038/s41580-021-00404-3
 Mattiroli, F., Vissers, J. H., Van Dijk, W. J., Ikpa, P., Citterio, E., Vermeulen, W., et al. (2012). RNF168 ubiquitinates K13-15 on H2A/H2AX to drive DNA damage signaling. Cell. 150 (6), 1182–1195. doi:10.1016/j.cell.2012.08.005
 Mcarthur, E., and Capra, J. A. (2021). Topologically associating domain boundaries that are stable across diverse cell types are evolutionarily constrained and enriched for heritability. Am. J. Hum. Genet. 108 (2), 269–283. doi:10.1016/j.ajhg.2021.01.001
 Meharena, H. S., Marco, A., Dileep, V., Lockshin, E. R., Akatsu, G. Y., Mullahoo, J., et al. (2022). Down-syndrome-induced senescence disrupts the nuclear architecture of neural progenitors. Cell. Stem Cell. 29 (1), 116–130 e7. doi:10.1016/j.stem.2021.12.002
 Menolfi, D., and Zha, S. 2020 (2022). ATM, ATR and DNA-PKcs kinases-the lessons from the mouse models: inhibition ≠ deletion. Cell. Biosci. 10, 8. doi:10.1186/s13578-020-0376-x
 Morales, C., Ruiz-Torres, M., Rodriguez-Acebes, S., Lafarga, V., Rodriguez-Corsino, M., Megias, D., et al. (2020). PDS5 proteins are required for proper cohesin dynamics and participate in replication fork protection. J. Biol. Chem. 295 (1), 146–157. doi:10.1074/jbc.RA119.011099
 Muller, C. A., Boemo, M. A., Spingardi, P., Kessler, B. M., Kriaucionis, S., Simpson, J. T., et al. (2019). Capturing the dynamics of genome replication on individual ultra-long nanopore sequence reads. Nat. Methods 16 (5), 429–436. doi:10.1038/s41592-019-0394-y
 Nagai, S., Dubrana, K., Tsai-Pflugfelder, M., Davidson, M. B., Roberts, T. M., Brown, G. W., et al. (2008). Functional targeting of DNA damage to a nuclear pore-associated SUMO-dependent ubiquitin ligase. Science 322 (5901), 597–602. doi:10.1126/science.1162790
 Nagano, T., Lubling, Y., Varnai, C., Dudley, C., Leung, W., Baran, Y., et al. (2017). Cell-cycle dynamics of chromosomal organization at single-cell resolution. Nature 547 (7661), 61–67. doi:10.1038/nature23001
 Nakatani, T., Schauer, T., Altamirano-Pacheco, L., Klein, K. N., Ettinger, A., Pal, M., et al. (2024). Emergence of replication timing during early mammalian development. Nature 625 (7994), 401–409. doi:10.1038/s41586-023-06872-1
 Natale, F., Rapp, A., Yu, W., Maiser, A., Harz, H., Scholl, A., et al. (2017). Identification of the elementary structural units of the DNA damage response. Nat. Commun. 8, 15760. doi:10.1038/ncomms15760
 Naumova, N., Imakaev, M., Fudenberg, G., Zhan, Y., Lajoie, B. R., Mirny, L. A., et al. (2013). Organization of the mitotic chromosome. Science 342 (6161), 948–953. doi:10.1126/science.1236083
 Norton, H. K., Emerson, D. J., Huang, H., Kim, J., Titus, K. R., Gu, S., et al. (2018). Detecting hierarchical genome folding with network modularity. Nat. Methods 15 (2), 119–122. doi:10.1038/nmeth.4560
 Ochs, F., Karemore, G., Miron, E., Brown, J., Sedlackova, H., Rask, M. B., et al. (2019). Stabilization of chromatin topology safeguards genome integrity. Nature 574 (7779), 571–574. doi:10.1038/s41586-019-1659-4
 O'donnell, M., Langston, L., and Stillman, B. (2013). Principles and concepts of DNA replication in bacteria, archaea, and eukarya. Cold Spring Harb. Perspect. Biol. 5 (7), a010108. doi:10.1101/cshperspect.a010108
 Oldach, P., and Nieduszynski, C. A. (2019). Cohesin-mediated genome architecture does not define DNA replication timing domains. Genes. (Basel) 10 (3), 196. doi:10.3390/genes10030196
 Oshidari, R., Strecker, J., Chung, D. K. C., Abraham, K. J., Chan, J. N. Y., Damaren, C. J., et al. (2018). Nuclear microtubule filaments mediate non-linear directional motion of chromatin and promote DNA repair. Nat. Commun. 9 (1), 2567. doi:10.1038/s41467-018-05009-7
 Oum, J. H., Seong, C., Kwon, Y., Ji, J. H., Sid, A., Ramakrishnan, S., et al. (2011). RSC facilitates Rad59-dependent homologous recombination between sister chromatids by promoting cohesin loading at DNA double-strand breaks. Mol. Cell. Biol. 31 (19), 3924–3937. doi:10.1128/MCB.01269-10
 Oza, P., Jaspersen, S. L., Miele, A., Dekker, J., and Peterson, C. L. (2009). Mechanisms that regulate localization of a DNA double-strand break to the nuclear periphery. Genes. Dev. 23 (8), 912–927. doi:10.1101/gad.1782209
 Palmerola, K. L., Amrane, S., De Los Angeles, A., Xu, S., Wang, N., De Pinho, J., et al. (2022). Replication stress impairs chromosome segregation and preimplantation development in human embryos. Cell. 185 (16), 2988–3007 e20. doi:10.1016/j.cell.2022.06.028
 Park, D. S., Nguyen, S. C., Isenhart, R., Shah, P. P., Kim, W., Barnett, R. J., et al. (2023). High-throughput Oligopaint screen identifies druggable 3D genome regulators. Nature 620 (7972), 209–217. doi:10.1038/s41586-023-06340-w
 Pelham-Webb, B., Polyzos, A., Wojenski, L., Kloetgen, A., Li, J., Di Giammartino, D. C., et al. (2021). H3K27ac bookmarking promotes rapid post-mitotic activation of the pluripotent stem cell program without impacting 3D chromatin reorganization. Mol. Cell. 81 (8), 1732–1748 e8. doi:10.1016/j.molcel.2021.02.032
 Petermann, E., Lan, L., and Zou, L. (2022). Sources, resolution and physiological relevance of R-loops and RNA-DNA hybrids. Nat. Rev. Mol. Cell. Biol. 23 (8), 521–540. doi:10.1038/s41580-022-00474-x
 Petryk, N., Reveron-Gomez, N., Gonzalez-Aguilera, C., Dalby, M., Andersson, R., and Groth, A. (2021). Genome-wide and sister chromatid-resolved profiling of protein occupancy in replicated chromatin with ChOR-seq and SCAR-seq. Nat. Protoc. 16 (9), 4446–4493. doi:10.1038/s41596-021-00585-3
 Peycheva, M., Neumann, T., Malzl, D., Nazarova, M., Schoeberl, U. E., and Pavri, R. (2022). DNA replication timing directly regulates the frequency of oncogenic chromosomal translocations. Science 377 (6612), eabj5502. doi:10.1126/science.abj5502
 Pfister, S. X., Ahrabi, S., Zalmas, L. P., Sarkar, S., Aymard, F., Bachrati, C. Z., et al. (2014). SETD2-dependent histone H3K36 trimethylation is required for homologous recombination repair and genome stability. Cell. Rep. 7 (6), 2006–2018. doi:10.1016/j.celrep.2014.05.026
 Phillips-Cremins, J. E., Sauria, M. E., Sanyal, A., Gerasimova, T. I., Lajoie, B. R., Bell, J. S., et al. (2013). Architectural protein subclasses shape 3D organization of genomes during lineage commitment. Cell. 153 (6), 1281–1295. doi:10.1016/j.cell.2013.04.053
 Poleshko, A., Smith, C. L., Nguyen, S. C., Sivaramakrishnan, P., Wong, K. G., Murray, J. I., et al. (2019). H3K9me2 orchestrates inheritance of spatial positioning of peripheral heterochromatin through mitosis. Elife 8, e49278. doi:10.7554/eLife.49278
 Pombo, A., and Dillon, N. (2015). Three-dimensional genome architecture: players and mechanisms. Nat. Rev. Mol. Cell. Biol. 16 (4), 245–257. doi:10.1038/nrm3965
 Pope, B. D., Ryba, T., Dileep, V., Yue, F., Wu, W., Denas, O., et al. (2014). Topologically associating domains are stable units of replication-timing regulation. Nature 515 (7527), 402–405. doi:10.1038/nature13986
 Rainey, M. D., Bennett, D., O'dea, R., Zanchetta, M. E., Voisin, M., Seoighe, C., et al. (2020). ATR restrains DNA synthesis and mitotic catastrophe in response to CDC7 inhibition. Cell. Rep. 32 (9), 108096. doi:10.1016/j.celrep.2020.108096
 Rajderkar, S., Barozzi, I., Zhu, Y., Hu, R., Zhang, Y., Li, B., et al. (2023). Topologically associating domain boundaries are required for normal genome function. Commun. Biol. 6 (1), 435. doi:10.1038/s42003-023-04819-w
 Rao, S. S., Huntley, M. H., Durand, N. C., Stamenova, E. K., Bochkov, I. D., Robinson, J. T., et al. (2014). A 3D map of the human genome at kilobase resolution reveals principles of chromatin looping. Cell. 159 (7), 1665–1680. doi:10.1016/j.cell.2014.11.021
 Rao, S. S. P., Huang, S. C., Glenn St Hilaire, B., Engreitz, J. M., Perez, E. M., Kieffer-Kwon, K. R., et al. (2017). Cohesin loss eliminates all loop domains. Cell. 171 (2), 305–320 e24. doi:10.1016/j.cell.2017.09.026
 Rothkamm, K., Kruger, I., Thompson, L. H., and Lobrich, M. (2003). Pathways of DNA double-strand break repair during the mammalian cell cycle. Mol. Cell. Biol. 23 (16), 5706–5715. doi:10.1128/MCB.23.16.5706-5715.2003
 Rutledge, M. T., Russo, M., Belton, J. M., Dekker, J., and Broach, J. R. (2015). The yeast genome undergoes significant topological reorganization in quiescence. Nucleic Acids Res. 43 (17), 8299–8313. doi:10.1093/nar/gkv723
 Ryba, T., Hiratani, I., Lu, J., Itoh, M., Kulik, M., Zhang, J., et al. (2010). Evolutionarily conserved replication timing profiles predict long-range chromatin interactions and distinguish closely related cell types. Genome Res. 20 (6), 761–770. doi:10.1101/gr.099655.109
 Sadaie, M., Salama, R., Carroll, T., Tomimatsu, K., Chandra, T., Young, A. R., et al. (2013). Redistribution of the Lamin B1 genomic binding profile affects rearrangement of heterochromatic domains and SAHF formation during senescence. Genes. Dev. 27 (16), 1800–1808. doi:10.1101/gad.217281.113
 Samejima, K., Booth, D. G., Ogawa, H., Paulson, J. R., Xie, L., Watson, C. A., et al. (2018). Functional analysis after rapid degradation of condensins and 3D-EM reveals chromatin volume is uncoupled from chromosome architecture in mitosis. J. Cell. Sci. 131 (4), jcs210187. doi:10.1242/jcs.210187
 Sanders, J. T., Freeman, T. F., Xu, Y., Golloshi, R., Stallard, M. A., Hill, A. M., et al. (2020). Radiation-induced DNA damage and repair effects on 3D genome organization. Nat. Commun. 11 (1), 6178. doi:10.1038/s41467-020-20047-w
 Schalbetter, S. A., Goloborodko, A., Fudenberg, G., Belton, J. M., Miles, C., Yu, M., et al. (2017). SMC complexes differentially compact mitotic chromosomes according to genomic context. Nat. Cell. Biol. 19 (9), 1071–1080. doi:10.1038/ncb3594
 Schoenfelder, S., and Fraser, P. (2019). Long-range enhancer-promoter contacts in gene expression control. Nat. Rev. Genet. 20 (8), 437–455. doi:10.1038/s41576-019-0128-0
 Schrank, B. R., Aparicio, T., Li, Y., Chang, W., Chait, B. T., Gundersen, G. G., et al. (2018). Nuclear ARP2/3 drives DNA break clustering for homology-directed repair. Nature 559 (7712), 61–66. doi:10.1038/s41586-018-0237-5
 Shaban, H. A., and Gasser, S. M. (2023). Dynamic 3D genome reorganization during senescence: defining cell states through chromatin. Cell. Death Differ. 32, 9–15. doi:10.1038/s41418-023-01197-y
 Shokrollahi, M., Stanic, M., Hundal, A., Chan, J. N. Y., Urman, D., Jordan, C. A., et al. (2024). DNA double-strand break-capturing nuclear envelope tubules drive DNA repair. Nat. Struct. Mol. Biol. 31 (9), 1319–1330. doi:10.1038/s41594-024-01286-7
 Sima, J., Chakraborty, A., Dileep, V., Michalski, M., Klein, K. N., Holcomb, N. P., et al. (2019). Identifying cis elements for spatiotemporal control of mammalian DNA replication. Cell. 176 (4), 816–830 e18. doi:10.1016/j.cell.2018.11.036
 Snedeker, J., Wooten, M., and Chen, X. (2017). The inherent asymmetry of DNA replication. Annu. Rev. Cell. Dev. Biol. 33, 291–318. doi:10.1146/annurev-cellbio-100616-060447
 Sofueva, S., Yaffe, E., Chan, W. C., Georgopoulou, D., Vietri Rudan, M., Mira-Bontenbal, H., et al. (2013). Cohesin-mediated interactions organize chromosomal domain architecture. EMBO J. 32 (24), 3119–3129. doi:10.1038/emboj.2013.237
 Sollier, J., and Cimprich, K. A. (2015). Breaking bad: R-loops and genome integrity. Trends Cell. Biol. 25 (9), 514–522. doi:10.1016/j.tcb.2015.05.003
 Stewart, G. S., Panier, S., Townsend, K., Al-Hakim, A. K., Kolas, N. K., Miller, E. S., et al. (2009). The RIDDLE syndrome protein mediates a ubiquitin-dependent signaling cascade at sites of DNA damage. Cell. 136 (3), 420–434. doi:10.1016/j.cell.2008.12.042
 Strom, L., Lindroos, H. B., Shirahige, K., and Sjogren, C. (2004). Postreplicative recruitment of cohesin to double-strand breaks is required for DNA repair. Mol. Cell. 16 (6), 1003–1015. doi:10.1016/j.molcel.2004.11.026
 Sukackaite, R., Cornacchia, D., Jensen, M. R., Mas, P. J., Blackledge, M., Enervald, E., et al. (2017). Mouse Rif1 is a regulatory subunit of protein phosphatase 1 (PP1). Sci. Rep. 7 (1), 2119. doi:10.1038/s41598-017-01910-1
 Suski, J. M., Ratnayeke, N., Braun, M., Zhang, T., Strmiska, V., Michowski, W., et al. (2022). CDC7-independent G1/S transition revealed by targeted protein degradation. Nature 605 (7909), 357–365. doi:10.1038/s41586-022-04698-x
 Svitkina, T. (2018). The actin cytoskeleton and actin-based motility. Cold Spring Harb. Perspect. Biol. 10 (1), a018267. doi:10.1101/cshperspect.a018267
 Swanson, E. C., Rapkin, L. M., Bazett-Jones, D. P., and Lawrence, J. B. (2015). Unfolding the story of chromatin organization in senescent cells. Nucleus 6 (4), 254–260. doi:10.1080/19491034.2015.1057670
 Symington, L. S., and Gautier, J. (2011). Double-strand break end resection and repair pathway choice. Annu. Rev. Genet. 45, 247–271. doi:10.1146/annurev-genet-110410-132435
 Szabo, Q., Donjon, A., Jerkovic, I., Papadopoulos, G. L., Cheutin, T., Bonev, B., et al. (2020). Regulation of single-cell genome organization into TADs and chromatin nanodomains. Nat. Genet. 52 (11), 1151–1157. doi:10.1038/s41588-020-00716-8
 Szmyd, R., Casolin, S., French, L., Manjon, A. G., Walter, M., Cavalli, L., et al. (2025). Homologous recombination promotes non-immunogenic mitotic cell death upon DNA damage. Nat. Cell. Biol. 27 (1), 59–72. doi:10.1038/s41556-024-01557-x
 Taberlay, P. C., Achinger-Kawecka, J., Lun, A. T., Buske, F. A., Sabir, K., Gould, C. M., et al. (2016). Three-dimensional disorganization of the cancer genome occurs coincident with long-range genetic and epigenetic alterations. Genome Res. 26 (6), 719–731. doi:10.1101/gr.201517.115
 Takahashi, S., Kyogoku, H., Hayakawa, T., Miura, H., Oji, A., Kondo, Y., et al. (2024). Embryonic genome instability upon DNA replication timing program emergence. Nature 633 (8030), 686–694. doi:10.1038/s41586-024-07841-y
 Takahashi, S., Miura, H., Shibata, T., Nagao, K., Okumura, K., Ogata, M., et al. (2019). Genome-wide stability of the DNA replication program in single mammalian cells. Nat. Genet. 51 (3), 529–540. doi:10.1038/s41588-019-0347-5
 Takata, H., Hanafusa, T., Mori, T., Shimura, M., Iida, Y., Ishikawa, K., et al. (2013). Chromatin compaction protects genomic DNA from radiation damage. PLoS One 8 (10), e75622. doi:10.1371/journal.pone.0075622
 Takayama, N., Murison, A., Takayanagi, S. I., Arlidge, C., Zhou, S., Garcia-Prat, L., et al. (2021). The transition from quiescent to activated states in human hematopoietic stem cells is governed by dynamic 3D genome reorganization. Cell. Stem Cell. 28 (3), 488–501 e10. doi:10.1016/j.stem.2020.11.001
 Terret, M. E., Sherwood, R., Rahman, S., Qin, J., and Jallepalli, P. V. (2009). Cohesin acetylation speeds the replication fork. Nature 462 (7270), 231–234. doi:10.1038/nature08550
 Terzi, M. Y., Izmirli, M., and Gogebakan, B. (2016). The cell fate: senescence or quiescence. Mol. Biol. Rep. 43 (11), 1213–1220. doi:10.1007/s11033-016-4065-0
 Tian, C., Zhou, J., Li, X., Gao, Y., Wen, Q., Kang, X., et al. (2023). Impaired histone inheritance promotes tumor progression. Nat. Commun. 14 (1), 3429. doi:10.1038/s41467-023-39185-y
 Timashev, L. A., Babcock, H., Zhuang, X., and De Lange, T. (2017). The DDR at telomeres lacking intact shelterin does not require substantial chromatin decompaction. Genes. Dev. 31 (6), 578–589. doi:10.1101/gad.294108.116
 Truong, L. N., Li, Y., Shi, L. Z., Hwang, P. Y., He, J., Wang, H., et al. (2013). Microhomology-mediated End Joining and Homologous Recombination share the initial end resection step to repair DNA double-strand breaks in mammalian cells. Proc. Natl. Acad. Sci. U. S. A. 110 (19), 7720–7725. doi:10.1073/pnas.1213431110
 Tsouroula, K., Furst, A., Rogier, M., Heyer, V., Maglott-Roth, A., Ferrand, A., et al. (2016). Temporal and spatial uncoupling of DNA double strand break repair pathways within mammalian heterochromatin. Mol. Cell. 63 (2), 293–305. doi:10.1016/j.molcel.2016.06.002
 Tubbs, A., and Nussenzweig, A. (2017). Endogenous DNA damage as a source of genomic instability in cancer. Cell. 168 (4), 644–656. doi:10.1016/j.cell.2017.01.002
 Unal, E., Arbel-Eden, A., Sattler, U., Shroff, R., Lichten, M., Haber, J. E., et al. (2004). DNA damage response pathway uses histone modification to assemble a double-strand break-specific cohesin domain. Mol. Cell. 16 (6), 991–1002. doi:10.1016/j.molcel.2004.11.027
 Van Der Lelij, P., Newman, J. A., Lieb, S., Jude, J., Katis, V., Hoffmann, T., et al. (2020). STAG1 vulnerabilities for exploiting cohesin synthetic lethality in STAG2-deficient cancers. Life Sci. Alliance 3 (7), e202000725. doi:10.26508/lsa.202000725
 Van Ly, D., Low, R. R. J., Frolich, S., Bartolec, T. K., Kafer, G. R., Pickett, H. A., et al. (2018). Telomere loop dynamics in chromosome end protection. Mol. Cell. 71 (4), 510–525 e6. doi:10.1016/j.molcel.2018.06.025
 Van Schaik, T., Vos, M., Peric-Hupkes, D., Hn Celie, P., and Van Steensel, B. (2020). Cell cycle dynamics of lamina-associated DNA. EMBO Rep. 21 (11), e50636. doi:10.15252/embr.202050636
 Van Sluis, M., and Mcstay, B. (2015). A localized nucleolar DNA damage response facilitates recruitment of the homology-directed repair machinery independent of cell cycle stage. Genes. Dev. 29 (11), 1151–1163. doi:10.1101/gad.260703.115
 Van Steensel, B., and Furlong, E. E. M. (2019). The role of transcription in shaping the spatial organization of the genome. Nat. Rev. Mol. Cell. Biol. 20 (6), 327–337. doi:10.1038/s41580-019-0114-6
 Vouzas, A. E., and Gilbert, D. M. (2023). Replication timing and transcriptional control: beyond cause and effect - part IV. Curr. Opin. Genet. Dev. 79, 102031. doi:10.1016/j.gde.2023.102031
 Waizenegger, I. C., Hauf, S., Meinke, A., and Peters, J. M. (2000). Two distinct pathways remove mammalian cohesin from chromosome arms in prophase and from centromeres in anaphase. Cell. 103 (3), 399–410. doi:10.1016/s0092-8674(00)00132-x
 Wang, H., Qiu, Z., Liu, B., Wu, Y., Ren, J., Liu, Y., et al. (2018). PLK1 targets CtIP to promote microhomology-mediated end joining. Nucleic Acids Res. 46 (20), 10724–10739. doi:10.1093/nar/gky810
 Wei, Y., Yu, L., Bowen, J., Gorovsky, M. A., and Allis, C. D. (1999). Phosphorylation of histone H3 is required for proper chromosome condensation and segregation. Cell. 97 (1), 99–109. doi:10.1016/s0092-8674(00)80718-7
 Wenger, A., Biran, A., Alcaraz, N., Redo-Riveiro, A., Sell, A. C., Krautz, R., et al. (2023). Symmetric inheritance of parental histones governs epigenome maintenance and embryonic stem cell identity. Nat. Genet. 55 (9), 1567–1578. doi:10.1038/s41588-023-01476-x
 Whalen, S., and Pollard, K. S. (2019). Most chromatin interactions are not in linkage disequilibrium. Genome Res. 29 (3), 334–343. doi:10.1101/gr.238022.118
 Wong, X., Hoskins, V. E., Melendez-Perez, A. J., Harr, J. C., Gordon, M., and Reddy, K. L. (2021). Lamin C is required to establish genome organization after mitosis. Genome Biol. 22 (1), 305. doi:10.1186/s13059-021-02516-7
 Wong, X., Melendez-Perez, A. J., and Reddy, K. L. (2022). The nuclear lamina. Cold Spring Harb. Perspect. Biol. 14 (2), a040113. doi:10.1101/cshperspect.a040113
 Wooten, M., Ranjan, R., and Chen, X. (2020). Asymmetric histone inheritance in asymmetrically dividing stem cells. Trends Genet. 36 (1), 30–43. doi:10.1016/j.tig.2019.10.004
 Wulfridge, P., Yan, Q., Rell, N., Doherty, J., Jacobson, S., Offley, S., et al. (2023). G-quadruplexes associated with R-loops promote CTCF binding. Mol. Cell. 83 (17), 3064–3079 e5. doi:10.1016/j.molcel.2023.07.009
 Xiong, X., Du, Z., Wang, Y., Feng, Z., Fan, P., Yan, C., et al. (2015). 53BP1 promotes microhomology-mediated end-joining in G1-phase cells. Nucleic Acids Res. 43 (3), 1659–1670. doi:10.1093/nar/gku1406
 Xu, S., Wang, N., Zuccaro, M. V., Gerhardt, J., Iyyappan, R., Scatolin, G. N., et al. (2024). DNA replication in early mammalian embryos is patterned, predisposing lamina-associated regions to fragility. Nat. Commun. 15 (1), 5247. doi:10.1038/s41467-024-49565-7
 Yang, J., Zhang, X., Feng, J., Leng, H., Li, S., Xiao, J., et al. (2016). The histone chaperone FACT contributes to DNA replication-coupled nucleosome assembly. Cell. Rep. 14 (5), 1128–1141. doi:10.1016/j.celrep.2015.12.096
 Young, D. W., Hassan, M. Q., Yang, X. Q., Galindo, M., Javed, A., Zaidi, S. K., et al. (2007). Mitotic retention of gene expression patterns by the cell fate-determining transcription factor Runx2. Proc. Natl. Acad. Sci. U. S. A. 104 (9), 3189–3194. doi:10.1073/pnas.0611419104
 Zagelbaum, J., Schooley, A., Zhao, J., Schrank, B. R., Callen, E., Zha, S., et al. (2023). Multiscale reorganization of the genome following DNA damage facilitates chromosome translocations via nuclear actin polymerization. Nat. Struct. Mol. Biol. 30 (1), 99–106. doi:10.1038/s41594-022-00893-6
 Zhang, H., and Blobel, G. A. (2023). Genome folding dynamics during the M-to-G1-phase transition. Curr. Opin. Genet. Dev. 80, 102036. doi:10.1016/j.gde.2023.102036
 Zhang, H., Emerson, D. J., Gilgenast, T. G., Titus, K. R., Lan, Y., Huang, P., et al. (2019). Chromatin structure dynamics during the mitosis-to-G1 phase transition. Nature 576 (7785), 158–162. doi:10.1038/s41586-019-1778-y
 Zhang, H., Lam, J., Zhang, D., Lan, Y., Vermunt, M. W., Keller, C. A., et al. (2021a). CTCF and transcription influence chromatin structure re-configuration after mitosis. Nat. Commun. 12 (1), 5157. doi:10.1038/s41467-021-25418-5
 Zhang, H., Shi, Z., Banigan, E. J., Kim, Y., Yu, H., Bai, X. C., et al. (2023). CTCF and R-loops are boundaries of cohesin-mediated DNA looping. Mol. Cell. 83 (16), 2856–2871 e8. doi:10.1016/j.molcel.2023.07.006
 Zhang, S., Ubelmesser, N., Josipovic, N., Forte, G., Slotman, J. A., Chiang, M., et al. (2021b). RNA polymerase II is required for spatial chromatin reorganization following exit from mitosis. Sci. Adv. 7 (43), eabg8205. doi:10.1126/sciadv.abg8205
 Zhao, H., Lin, Y., Lin, E., Liu, F., Shu, L., Jing, D., et al. (2024). Genome folding principles uncovered in condensin-depleted mitotic chromosomes. Nat. Genet. 56 (6), 1213–1224. doi:10.1038/s41588-024-01759-x
 Zhao, R., Nakamura, T., Fu, Y., Lazar, Z., and Spector, D. L. (2011). Gene bookmarking accelerates the kinetics of post-mitotic transcriptional re-activation. Nat. Cell. Biol. 13 (11), 1295–1304. doi:10.1038/ncb2341
 Zheng, G., Kanchwala, M., Xing, C., and Yu, H. (2018). MCM2-7-dependent cohesin loading during S phase promotes sister-chromatid cohesion. Elife 7, e33920. doi:10.7554/eLife.33920
 Zirkel, A., Nikolic, M., Sofiadis, K., Mallm, J. P., Brackley, C. A., Gothe, H., et al. (2018). HMGB2 loss upon senescence entry disrupts genomic organization and induces CTCF clustering across cell types. Mol. Cell. 70 (4), 730–744 e6. doi:10.1016/j.molcel.2018.03.030
Conflict of interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.
Copyright © 2025 Giles, Taberlay, Cesare and Jones. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.
OPS/images/fcell-13-1548946-g003.gif
c ‘iming decsion oint

@ -

4D By

Voiarunet





OPS/xhtml/nav.xhtml
Contents

		Cover

		Roles for the 3D genome in the cell cycle, DNA replication, and double strand break repair		Introduction

		3D genome and the cell cycle		Compacting the 3D genome for mitosis

		Organising the interphase 3D genome

		Nuclear lamina in 3D genome organisation

		Nuclear filamentous actin in 3D genome organisation

		Chromatin organisation during quiescence, senescence and differentiation





		DNA replication		Replication timing and the 3D genome

		Replication machinery and the 3D genome

		DNA replication and epigenome maintenance

		Genome organisation and replication during development





		DNA repair		The 3D genome creates functional regional compartments for DNA repair

		DSB spatially reorganise local 3D genome structure

		Chromatin architectural proteins facilitate DSB repair

		Radiation-induced DNA damage





		Discussion

		Author contributions

		Funding

		Acknowledgments

		Generative AI statement

		Publisher’s note

		References









OPS/images/cover.jpg
’ frontiers | Frontiers in Cell and Developmental Biology

Roles for the 3D genome in the
cell cycle, DNA replication, and
double strand break repair





OPS/images/fcell-13-1548946-g001.gif
B Compariment

Chromosome Terrtores  A/8 Compartments





OPS/images/fcell-13-1548946-g002.gif









OPS/images/crossmark.jpg
©

|





OPS/images/logo.jpg
, frontiers ‘ Frontiers in Cell and Developmental Biology





