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The conservation of freshwater turtle species depends on precise and effective monitoring techniques. Environmental DNA (eDNA) analysis is a potential method for identifying cryptic and elusive turtle species in aquatic ecosystems. eDNA analysis can help to identify key regions for conservation efforts and monitor changes in population levels over time. This study aims to evaluate the effectiveness of a rapid eDNA detection method for the yellow mud turtle (Kinosternon flavescens, an indicator species that is endangered in some states in the USA), which inhabits local oxbow lakes (e.g., resacas) in Cameron County, South Texas. A species-specific nested PCR assay was designed to enhance the detection of yellow mud turtle species. Water samples were collected from five locations within Cameron County for the detection of yellow mud turtle eDNA. Our results revealed the presence of yellow mud turtles in two out of the five surveyed locations. Our study shows great potential for eDNA monitoring for yellow mud turtle species. This study also provides insights on using eDNA monitoring to protect yellow mud turtle species and recommendations for future research and conservation initiatives.




Keywords: environmental DNA, biodiversity monitoring, nature conservation, global ecology, mud turtles




1 Introduction

Turtles are one of the most endangered groups of tetrapod vertebrates on the planet (Cox et al., 2022). However, the global disappearance of turtles is a worrying phenomenon that has grabbed the attention of environmentalists and scholars due to its significant effects on ecological diversity and the health of ecosystems (Petrov et al., 2023). About 52% of turtle species face extinction, with 20% critically endangered, and 61% designated as threatened by the International Union for Conservation of Nature (IUCN) (Howell et al., 2019; Rhodin et al., 2018; Stanford et al., 2020; IUCN, 2023). The yellow mud turtle (Kinosternon flavescens) is an important species native to North America (Christiansen et al., 1985). Yellow mud turtles help balance ecosystems by eating insects, snails, and crayfish, cleaning water as scavengers, and serving as prey for many animals (Missouri Department of Conservation, 2024). K. flavescens is a small yellow-olive-colored turtle (Figure 1A) distributed in the south-central region of the United States, spanning from Nebraska to Texas. Moreover, there are more populations of this species in northern Mexico, specifically in the territories of Chihuahua, Coahuila, and Nuevo Leon (Christiansen et al., 2020). Globally, K. flavescens is not a species of concern (i.e., Red List: Least Concern) by the IUCN (2023). However, it is designated as a state-endangered species in the states of Iowa, Illinois, and Missouri in the United States (Bickham et al., 1984; Christiansen et al., 1985). Notably, K. flavescens has had significant population reductions across its distribution in the Midwest region in the United States (Berger, 2010; Bernstein and Christiansen, 2011; Christiansen et al., 2012; Missouri Department of Conservation, 2024). Moreover, the decreasing numbers of yellow mud turtles can be attributed to significant environmental disturbances, as well as the presence of permanently water-adapted aquatic turtles (e.g., Chrysemys picta), which act as competitors for resources and predators of juveniles (Bernstein and Christiansen, 2011). Predation of eggs and adults by raccoons and other mammalian predators poses an ongoing threat to this species (Missouri Department of Conservation, 2024). Additionally, lowered levels of water further exacerbate the challenges faced by this species (Christiansen et al., 2012). Traditional turtle monitoring techniques such as trapping and visual census pose laborious obstacles (Davy et al., 2015; Kirtane et al., 2019). Moreover, depending solely on human surveys can be a time-consuming and resource-intensive process, which can also limit the extent of the evaluation of turtle populations, hindering the ability to obtain a comprehensive and correct understanding of their populations (Bogolin et al., 2021; Nordstrom et al., 2022).




Figure 1 | Sampling locations to collect water samples for detection of yellow mud turtle eDNA. (A) Schematic diagrams of yellow mud turtle (Kinosteron flavescens). (B) Map illustrating the locations of five sampling sites in Cameron County where water samples were collected to detect yellow mud turtle eDNA. The site numbers align with those indicated in Table 1. (C, D) Photographs show turtles in the Lozano Banco Resaca (C) and Fort Brown Resaca (D) where water samples were collected to detect yellow mud turtle eDNA.



Environmental DNA (eDNA) is a highly effective technology utilized in ecological study and conservation for determining the existence of species in their native environments (Deiner et al., 2021; Yang et al., 2021; Sahu et al., 2023; Rishan et al., 2024a). Various techniques are used to obtain eDNA from water bodies, offering a non-intrusive and effective approach to conserving aquatic ecosystems (Ruppert et al., 2019; Rishan et al., 2023). The eDNA technique has been highly advantageous in detecting turtles, especially due to its exceptional sensitivity and reliability (Akre et al., 2019; Davy et al., 2015; Lam et al., 2022). eDNA analysis enables investigators to identify the existence of turtles by examining the genetic information they release in water bodies (Harper et al., 2020). The utilization of eDNA for turtle detection has several benefits, such as enhanced efficacy, economic feasibility, and minimized disruption to the native ecosystem (Petruniak et al., 2021). It can identify the existence of turtles even if they aren’t visually present, providing a more thorough picture of their location and abundance (Davy et al., 2015; Petruniak et al., 2021; Lam et al., 2022). Moreover, turtles are challenging to detect due to their aquatic habitat, overwintering behavior, cryptic coloration, and low population densities, making eDNA a particularly effective method for monitoring their presence (Miller and Dinkelacker, 2007; Christiansen et al., 2020).

The objective of this study was to develop a rapid and cost-effective eDNA detection assay to facilitate frequent and efficient monitoring of yellow mud turtles for conservation purposes. This included developing methods for water collection and filtration, as well as processes for DNA extraction, PCR, and sequencing. The study aimed to confirm the presence or absence of turtle eDNA in samples collected from the field. This study also provides a foundation for future eDNA research to enhance the detection and monitoring of critically endangered yellow mud turtle species.




2 Materials and methods



2.1 Description of field study to detect yellow mud turtles using eDNA

Based on known turtles’ occurrence in various reservoirs in the Brownsville area in Cameron County, Texas (Mali et al., 2014), five different resacas and lakes were chosen for collecting water samples to detect yellow turtles using eDNA (Figures 1B–D; Table 1). The sampling sites in the Brownsville area in the south Texas region were chosen due to documented occurrences and suitable habitats for yellow mud turtles (Mali et al., 2014). Notably, these sampling sites also represent habitats within the turtle species’ known range, making them ideal for evaluating the effectiveness of eDNA detection protocol and providing a relevant context for potential application in similar habitats. The water bodies were shallow 1-2 m depth and lentic, and the only water movements were typically wind driven. The water temperature ranged from 25 to 28°C and the pH ranged from 8.0 to 8.8.


Table 1 | List of sites sampled for yellow mud turtles.






2.2 Collection of field water samples for eDNA

The collection of water samples for eDNA was conducted according to the method described previously by Ruppert et al. (2022) and Collins (2022). Briefly, 1 L of water filtration was executed through a filter cup (XX1104700, MilliporeSigma, Darmstadt, Germany), which is attached to a manually driven vehicle fluid evacuator (MV7400, Mityvac, St. Louis, MO, USA) (Figures 2A–C). Before water collection, equipment was thoroughly cleaned using 50% chlorine bleach solution for 20 sec to prevent contamination. The equipment was then washed with 0.1 M sodium thiosulfate solution to neutralize bleach. Finally, all types of equipment were rinsed with distilled water.




Figure 2 | eDNA collection and PCR analysis to detect yellow mud turtles. (A) Collection of eDNA samples from water using a pitcher connected to a telescopic pole, (B) Filtration of eDNA using a hand-powered automotive fluid evacuator, (C) polymerase chain reaction (PCR) amplification and gel electrophoresis, (D) real-time-PCR, and (E) DNA sequencing and analysis. RFU, Relative fluorescence unit.



To evaluate the potential contamination of field samples, the distilled water was filtered and analyzed as a blank (i.e., negative control). Additionally, fresh gloves were also worn for each site visit to minimize contamination. In the field study, water samples (1 L/sample, 3 samples/site) were collected through a pitcher connected to a telescopic pole (Figures 2A, B). The cellulose filters used for eDNA collection consisted of 47-mm diameter with a particle size of 25 μm (Figure 2C; Whatman Grade 4, Cytiva, Marlborough, MA, USA). The filter papers were placed individually in labeled 2 mL RNAse/DNase-free vials, containing 700 μL of DNAzol, a genomic DNA isolation reagent (DNAZOL® Molecular Research Center Inc, Cincinnati, OH, USA). The filter paper and DNAzol were vortexed for 20-30 sec every day and stored at room temperature until eDNA extraction.




2.3 Collection of water sample from an aquarium to validate field results

To validate the field eDNA results, 50 mL of water was collected from an aquarium containing yellow mud turtle and mixed with 950 mL of fresh water collected from a pond where turtles were not present. Afterward, the water was filtered according to the filtration method described above.




2.4 Extraction of eDNA from water samples

eDNA was extracted from filter paper and DNAzol samples using a nucleic acid extraction kit (Epoch Life Science Inc., Sugar Land, TX, USA) according to the method described previously by Robinson et al. (2022) and Collins (2022). Briefly, filter paper and DNAzol were incubated on a heat block at 55°C for 30 min. Afterward, each tube vortexed for 30 sec, followed by centrifugation at 5,000 rpm for 1 min. The filters were subsequently squeezed into their respective centrifuge tubes using sterile forceps to extract any residual DNAzol from the filters before disposing of them. Fresh gloves were used for each sample extraction to avoid contamination and false positive results across different sampling locations. Subsequently, 600 μL of DNAzol was collected from the tube and transferred into a new tube, and then added 10 μL of RNAase and incubated at 37°C for 10 min. Following a 1-min incubation period at ambient temperature, 10 μL of proteinase-K was introduced into the solution. The solution was incubated at 60°C for 1 h and vortexed every 15 min throughout the incubation period. After incubation, 500 μL of extraction buffer was added to the solution and incubated at 70°C for 20 min. Then, 50 μL of elution buffer (EB) had been preheated at 70°C. After the 20-min incubation period, the solution was allowed to remain at room temperature for 5 min, and 500 μL of 100% ethanol was added into the solution. The solution was then added into a GenCatch column (Epoch Life Science Inc.) and centrifuged at 8,000 rpm for 2 min. The column was then washed two times with 500 µL of wash buffer. After washing, the column was transferred to a fresh 1.5 mL tube, and 50 μL of pre-heated EB was added. The resulting solution was allowed to incubate at room temperature for 2 min and then centrifuged at 15,000 rpm for 2 min. Afterward, 50 μL of nuclease-free water was carefully placed onto the column and centrifuged at 15,000 rpm for 2 min. An inhibitor removal kit was used to eliminate the PCR inhibitor following the instructions provided by the manufacturer (OneStep PCR Inhibitor Removal, Zymo Research, Irvine, CA). A total of 100 μL of DNA was purified and the concentration of DNA was measured using a nanodrop (Nanodrop, Thermo Fisher, Waltham, Massachusetts, USA). The purified eDNA was stored at -20°C until PCR analysis.




2.5 Validation of primers for mud turtles eDNA using PCR

The mitochondrial cytochrome b (CYT b) gene contains species-specific information and is commonly used in DNA research because of its higher specificity in detecting eDNA (Shu et al., 2020). Gene-specific primers (i.e., forward, reversed, and nested primers; Eurofins MWG Genomics, Louisville, KY, USA) were designed to detect yellow mud turtles from a published sequence in GenBank (accession number: KF301376; Iverson et al., 2013) eDNA using NCBI Primer-BLAST tool (https://www.ncbi.nlm.nih.gov/tools/primer-blast/) and Primer3 software (Untergasser et al., 2012). During primer design, four potential co-occurring species of aquatic turtle were considered (Apalone spinifera, Pseudemys gorzugi, Trachemys scripta elegans, and Trachemys venusta) and sequence regions with high similarity were avoided. The resulting DNA sequences from first and nested PCR had sufficient nucleotide differences to be distinguished from yellow mud turtle from the four other species. Table 2 shows primer sequences with their respective denaturing, annealing, and extension steps, and the amplified sequence of yellow mud turtle species. The primer sets were tested using ethanol preserved leg muscle tissue from a voucher specimen collected in Karnes county, Texas (Texas Natural History Museum # 114597) and field samples collected from Cameron county and Presidio county, Texas. The PCR was performed using a T100 thermocycler (BioRad, Hercules, CA, USA). PCR analysis was performed in a 25 μL reaction containing 12.5 μL of PCR master mix (GoTaq® G2 Hot Start Green Master Mix, Promega, Madison, WI, USA), 9.5 μL nuclease-free water, 1 μL of 5 μM forward primer, 1 μL of 5 μM reverse primer, and 1 μL of DNA sample (Figure 2C). The initial and nested PCR amplification for both species comprised 40 cycles, involving denaturation at 95°C for 15 sec, variable annealing temperature for 30 sec, and elongation at 72°C for 15 sec. The initial and nested primers’ annealing temperatures were 59°C and 60°C, respectively. For nested PCR, the PCR reactions contained 2 μL of purified PCR product obtained from the initial PCR. To screen for potential contamination of laboratory reagents, a negative template control (NTC) was employed. The NTC was performed by adding 1 μL of molecular-grade water in substitution of template DNA and running alongside each PCR cycle. To assess the specificity of primers, real-time PCR was conducted and analyzed the melting curve (Figure 2D) according to the methods described by Rodríguez et al. (2015). Gel electrophoresis was performed to verify the PCR result. A 2% agarose gel containing 40 mL of 1xTBE buffer (Tris-Borate-EDTA, 10X Solution, Fisher Scientific, Hampton, NH, USA) and 800 mg of agarose (TopVision Agarose, Thermo Scientific, Vilnius, Lithuania), was used for electrophoresis.


Table 2 | Sequences and melting temperatures for yellow mud turtles primers and amplified sequences corresponding to each primer set.






2.6 Sanger sequencing and data analysis for mud turtles eDNA

For sequencing, the PCR products were purified using a DNA purification kit following the guidelines provided by the manufacturer (Monarch Nucleic Acid Purification, New England Biolabs, Ipswich, MA, USA) and quantified DNA using a nanodrop (Thermo Fisher). Samples containing detectable amounts of DNA (2-5 ng/μL) were selected for Sanger sequencing (Figure 2E). The sequencing procedure was performed by Eurofins Genomics’ Simpleseq premixed approach (i.e., 5 μL of forward primer and 5 μL of purified PCR product, or 5 μL of reverse primer and 5 μL of purified PCR product). The resultant sequence was subjected to a comparative analysis with sequences accessible on the National Center for Biotechnology Information (NCBI) database using a MultAlin sequence alignment with a hierarchical clustering tool (Corpet, 1988; http://multalin.toulouse.inra.fr/multalin/).





3 Results



3.1 PCR and sequencing results of eDNA of yellow mud turtles

PCR results obtained from water samples and turtle tissue were subjected to electrophoresis on a 2% agarose gel (Figure 3). A single PCR cycle failed to generate enough target DNA for Sanger sequencing or produce a clear identification signal. This challenge was overcome through the implementation of the nested PCR approach which enhanced the accuracy of detection by reducing non-specific binding and increasing target DNA visibility. This challenge was overcome through the implementation of a nested PCR approach. Nested PCR-amplified DNA sequences from both the tissue and field samples (Figures 3A–C), were able to effectively identify turtles through a search using the NCBI BLAST database. The primers for eDNA designed specifically for yellow mud turtles effectively amplified 134 bp DNA fragments (Figures 3A–C) which had high sequence identity (98-100%) with the yellow mud turtles’ tissue DNA (tDNA) sequence (Figure 3D). The eDNA sample obtained from an aquarium known to be inhabited by yellow mud turtles also generated an identifiable band of the estimated size (Figure 3C). Real-time PCR results showed a single, distinct melting peak of 80.5 °C that corresponded to the predicted melting temperature for the amplified sequence for yellow mud turtle (Figure 3E). This melting peak confirmed the specificity of the primers and helped to rule out potential false positives.




Figure 3 | Determination of eDNA by PCR and Sanger sequencing. (A–E) PCR products (134 bp detected in gel electrophoresis) and real-time PCR amplification of yellow mud turtle eDNA were amplified with the species-specific primer set. (F) Alignment of the amplified eDNA and tissue DNA (tDNA) sequences of yellow mud turtles. NTC, negative control; M, DNA marker; Lozano Banco Resaca.






3.2 Field sampling for eDNA detection of yellow mud turtles

PCR amplification effectively identified the presence of yellow mud turtles’ eDNA in field samples collected from different locations in Texas. eDNA from yellow mud turtles was identified in all three replicate samples collected from two specific locations in Cameron County. All other samples were negative.





4 Discussion

In this study, we successfully detected yellow mud turtles in Cameron County, Texas, using rapid eDNA methods. The primer sets and PCR technique are suitable for amplifying eDNA from yellow mud turtles. Importantly, the PCR method presented, including initial and nested primers, effectively amplified, and produced matched sequences to the GenBank library for yellow mud turtles from many areas in Texas. Utilizing these sequences facilitated the precise identification and categorization of mud turtles in conservation research. Establishing a PCR assay that possesses exceptional specificity and sensitivity for identifying yellow mud turtles in environmental samples exhibits potential as a valuable instrument for tracking the recovery of these species which are currently declining. Mud turtles do not typically bask, but stay in the water, making them challenging to locate using standard methods (Tuma, 2006; Platt et al., 2016). In recent years, the use of eDNA presents a more promising opportunity to detect turtles than traditional surveys such as trapping (Davy et al., 2015; Lam et al., 2022; Nordstrom et al., 2023). Although this study focused on Texas, the findings presented here can be applied to other geographical regions for extensive monitoring of mud turtle species using rapid eDNA detection method.

In the present investigation, conventional PCR was used to detect the eDNA of mud turtles. The utilization of nested PCR has demonstrated its efficacy in enhancing the identification of eDNA by Sanger sequencing, potentially by removing inhibitors during the second stage of PCR (Jackson et al., 2017; Ruppert et al., 2022). Furthermore, conducting two rounds of PCR can enhance the precision of amplification by employing two distinct sets of primers (Jackson et al., 2017; Stoeckle et al., 2018). This technological improvement enhances the reliability and precision of evaluating mud turtles’ eDNA. It has been hypothesized that quantitative polymerase chain reaction (qPCR) can provide quantitative evaluations of population abundance (Lodge et al., 2012). However, these methods may encounter several challenges when it comes to their implementation and effectiveness, specifically regarding factors such as the mass of the creature, the water quality, and the degree to which the target organisms release DNA-containing materials (Barnes et al., 2014; Brozio et al., 2017). Using qPCR methods to detect eDNA has several benefits, including enhanced sensitivity, but the limited quantities of water and the feasibility of employing this technique in laboratories having advanced qPCR machines render conventional PCR more advantageous in this scenario (Lodge et al., 2012; Brozio et al., 2017). We have also successfully developed a qPCR assay, which will enable future investigations to a quantitative eDNA-based approach to monitor mud turtle species. Although it is currently not feasible to quantify the precise abundance of species present using eDNA alone, it may be possible to estimate their relative abundances through repeated and/or similar sampling (Ruppert et al., 2019; Sard et al., 2019).

Our study detected the presence of yellow mud turtles from two locations in Cameron County using eDNA techniques. Our findings align with previous studies investigating the application of eDNA methods for turtle detection. Mali et al. (2014) captured yellow mud turtles from Lower Rio Grande Valley in Brownsville by trapping methods. Recently, Lam et al. (2022) assessed the effectiveness of eDNA methods in identifying populations of the big-headed turtle (Platysternon megacephalum, an endangered species in Hong Kong). They demonstrated that the eDNA approaches continue to show promise for turtle detection, as the percentage of positive detections was positively associated with the size of the overall population in water bodies where the turtle populations are already known. Moreover, Feng et al. (2020) evaluate the effectiveness of eDNA assessments to identify the overwintering habitats of northern map turtles (Graptemys geographica) in a Canadian temperate lake. The researchers detected eDNA signals that matched the patterns observed in documented overwintering locations and regions that were previously thought to serve as overwintering sites.

In the present study, however, the inability to identify yellow mud turtles in some areas generates some questions about the variables that affect eDNA detection and the constraints of our methodology. The water bodies where we sampled for yellow mud turtles in this study were shallow, lentic, and the only water movements were typically wind driven. The pH was basic with pH 8.0 or higher, and the temperatures were typically warm to hot. These conditions including high algal growth make sampling eDNA for turtles challenging. Notably, environmental factors such as water movement, temperature, pH, UV, and seasonal fluctuations can influence the spread and longevity of eDNA in aquatic environments, which may have an impact on the accuracy of detection of turtle species (Strickler et al., 2015; Qian et al., 2022; Yu et al., 2022). Strickler et al. (2015) reported that aquatic environments with lower temperatures, greater UV light protection, and higher alkalinity can retain detectable eDNA levels of American bullfrog tadpoles (Lithobates catesbeianus) for a more extended period compared to more humid, sunny environments with neutral or acidic conditions. There might be a possibility that eDNA is affected by temperature fluctuations, UV, and pH in the water and generates false negative results (Strickler et al., 2015; Qian et al., 2022). Moreover, according to the Missouri Department of Conservation (https://mdc.mo.gov/discover-nature/field-guide/yellow-mud-turtle), yellow mud turtles exhibit some unique behavioral characteristics, such as overland movement during active months and winter hibernation. The distinct attributes can impact the concentration of eDNA in a water body and hence affect the ability to detect yellow mud turtles in certain regions. In addition, the possibility of DNA degradation over time could have played a role in producing false negative outcomes in our findings (Strickler et al., 2015; Joseph et al., 2022). Although there are certain challenges and limitations, our study highlights how eDNA approaches can be a significant tool for ecological and conservation biology research and for protecting the declining turtle species. Routine eDNA monitoring can provide critical insights into the environmental and anthropogenic factors driving population fluctuations, such as habitat fragmentation, water pollution, and the presence of non-native species. By identifying these underlying causes, eDNA-based methods can inform targeted conservation strategies and support long-term management efforts. Additionally, advancements such as drone-based water sampling could further enhance the efficiency and applicability of eDNA monitoring, especially in hard-to-reach areas, ensuring more comprehensive and effective conservation outcomes for vulnerable turtle populations.




5 Conclusion

Our results highlight the efficacy of rapid eDNA technique for non-invasive monitoring of freshwater turtle species in their natural habitats in Texas. This demonstrates the effectiveness of our eDNA method for detecting mud turtle species. Several important directions for further investigation should be considered in the future. Enhancing the precision and sensitivity of species identification through optimized eDNA methodologies and sampling techniques would significantly improve detection accuracy. Furthermore, expanding the application of eDNA investigations to include more locations and species within the Kinosternidae family could provide valuable insights into the distribution and abundance of mud turtles. Furthermore, it would be essential to examine the variables that affect the detection of eDNA, including habitat features, atmospheric conditions, and human-caused disturbances in the ecosystems. Long-term monitoring programs that incorporate eDNA and environmental RNA (eRNA; Rishan et al., 2024b) methods could be implemented to follow population trends and evaluate the efficacy of conservation initiatives over an extended period. By exploring these prospective areas of eDNA and eRNA research, we can enhance our comprehension of mud turtle ecology and contribute to the conservation of these ecologically vulnerable endangered species.
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