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Introduction: Micro-scale analysis of microbes in soil is essential to the overall understanding of microbial organization, interactions, and ecosystem functioning. Soil fractionation according to its aggregated structure has been used to access microbial habitats. While bacterial communities have been extensively described, little is known about the fungal communities at scales relevant to microbial interactions.

Methods: We applied a gentle soil fractionation method to preserve stable aggregated structures within the range of micro-aggregates and studied fungal and bacterial communities as well as nitrogen cycling potentials in the pristine Rothamsted Park Grass soil (bulk soil) as well as in its particle size fractions (PSFs; >250 μm, 250–63 μm, 63–20 μm, 20–2 μm, <2 μm, and supernatant).

Results: Overall bacterial and fungal community structures changed in PSFs below 20 μm. The relative abundance of Basidiomycota decreased with decreasing particle size over the entire measure range, while Ascomycota showed an increase and Mucoromycota became more prominent in particles below 20 μm. Bacterial diversity was found highest in the < 2 μm fraction, but only a few taxa were washed-off during the procedure and found in supernatant samples. These taxa have been associated with exopolysaccharide production and biofilm formation (e.g., Pseudomonas, Massilia, Mucilaginibacter, Edaphobaculum, Duganella, Janthinobacterium, and Variovorax). The potential for nitrogen reduction was found elevated in bigger aggregates.

Discussion: The observed changes below 20 μm particle are in line with scales where microbes operate and interact, highlighting the potential to focus on little researched sub-fractions of micro-aggregates. The applied method shows potential for use in studies focusing on the role of microbial biofilms in soil and might also be adapted to research various other soil microbial functions. Technical advances in combination with micro-sampling methods in soil promise valuable output in soil studies when particles below 20 μm are included.
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1 Introduction

Soil harbors the highest microbial densities and diversity relative to other habitats and thus represents an important environment with a global impact on biochemical mass balances (Bardgett and Van Der Putten, 2014). The complexity and compartmentalization of soil at the microscopic scale makes it one of the most challenging microbial habitats to study (Young and Crawford, 2004). This compartmentalization, or soil structure, itself defined by single connected particles or so called aggregates, affects basic physical and mechanical properties such as water retention and movement, erodibility, and aeration and thus ultimately soil fertility and productivity (Rabot et al., 2018). The aggregated micro-structure of soil, in combination with the fluctuating water saturation of the available soil pore space, creates a mosaic of microenvironments varying in chemical reactivity (Spadini et al., 2018) or in respiration processes (different electron acceptors). This, in turn, can generate a range of microhabitats in which specific reactions within the N-cycle might be favored. While reductive processes (denitrification) might be linked to inner parts of bigger aggregates where oxygen becomes limited, oxidative processes (ammonia oxidation) could preferentially occur on the surface regions of these aggregates (Sexstone et al., 1985; Ebrahimi and Or, 2016). Reactive forms of inorganic nitrogen would therefore be continuously shuttled between oxidation states in close proximity and eventually emitted as N2O, NO, or N2 gas.

The formation, turnover and stability of aggregates depend on factors such as vegetation, soil fauna, microorganisms, cations, the interaction of clay particles and OM (Bronick and Lal, 2005; Rillig and Mummey, 2006; Costa et al., 2018; Totsche et al., 2018). Recent work highlights the importance of microbial activity in soil structuring processes (Lehndorff et al., 2021) and a hierarchical model where smaller building blocks are linked together to form larger aggregated structures has been widely accepted in the field (Edwards and Bremner, 1967; Totsche et al., 2018). Physical fractionation methods generating particle size fractions (PSFs) of soil have shown that different physical-chemical and microbiological signatures exist among the different aggregates (Jocteur Monrozier et al., 1991; Bailey et al., 2013a,b; Bach and Hofmockel, 2014; Hemkemeyer et al., 2015; Zhang et al., 2015). However, most of these studies addressed differences between macro- (>2000 and 2000 - 250 μm) and microaggregates (<250 μm), but few have focused on the different size classes found within microaggregates. In studies on macroaggregates, it has been shown that stabilization capacity vary among fungal taxa and are linked to specific physiological traits such as mycelial/hyphal density and enzymes production (Lehmann et al., 2020). In the microaggregate range less is known, although these size classes (250—2 μm) are (i) more relevant to the individual organisms themselves given the scales at which they operate (Raynaud and Nunan, 2014) and (ii) high microbial abundances were linked to their habitats (Wilpiszeski et al., 2019).

An important factor in soil stabilization and aggregation is the ability to excrete extracellular polymeric substances (EPS) mainly containing polysaccharides, proteins and nucleic acids (Donot et al., 2012; Pandit et al., 2020). In addition to their physical property of acting as a glue to bind soil particles, thus favoring cell attachment and biofilm formation, these polymers provide crucial functions for microbes such as protection against drought, antibiotics and heavy metals, entrapment of nutrients and carbon storage, signaling, genetic exchange, adhesion and aggregation (Costa et al., 2018). Unlike bacteria, fungi are not only capable of excreting EPS and thus influencing their immediate environment, but their hyphal growth enmeshes microaggregates and stabilizes soil structures at scales up to 2 mm (Chenu and Cosentino, 2011). Furthermore, a correlation between hyphal length and aggregate stability has often been observed (Beare et al., 1997; Caesar-TonThat and Cochran, 2000; Rillig and Mummey, 2006; Tisdall et al., 2012). Therefore, communities which excrete biofilms and thus contribute to soil micro-structure can be expected to be located in both macro and micro aggregates due to their hierarchical nature, whereas fungi involved in enmeshment and stabilization of macroaggregates are preferentially found in larger PSFs.

In this study, we applied a gentle soil washing and separation method (Figure 1) aiming to disperse the soil structure and retrieve stable aggregated structures of different sizes to investigate their microbial communities. We hypothesized that the resulting microaggregate fractions consist of different microhabitats which is reflected by a change in community structure and nitrogen cycling potentials.


[image: image]

FIGURE 1
Schematic representation of the gentle soil fractionation procedure applied in the study.




2 Materials and methods


2.1 Soil sampling and physical fractionation

Soil samples were collected from the top 21 cm at multiple locations in the untreated control plot 3D of the Park Grass Experiment, Rothamsted Research, Hertfordshire, UK (Silvertown et al., 2006) in October 2013 by using sterile manual corers and put in a sterile plastic bag. This soil has not been manipulated (i.e., tillage, fertilization and liming) for over 150 years at the time of sampling, therefore representing natural soil structuring processes. After sampling, the soil was dried at ambient temperature and subsequently sieved (cutoff = 2 mm) to exclude plant roots and homogenized manually through physical mixing. Thirty grams of this sample were fractionated in PSFs (n = 8) and analyzed in parallel with non-fractionated samples (referred to as “bulk soil” throughout the manuscript). Six replicates were used for biological and two for physical and chemical analysis. A fractionation procedure from Jocteur Monrozier et al. (1991) was adapted to optimize preservation of soil microaggregation (beads were not used in the macroaggregate disruption step) and yield PSFs. Briefly, 200 ml of ultra-pure water was added to 30 g of bulk soil in 500 ml Duran® bottles and subsequently placed on an orbital shaker for 1 h at 250 rpm. The water addition was repeated two more times and subsequent fractionation steps were carried out as previously described and consisted of a sequence of (i) wet sieving of the dispersed soils to separate fractions of particle sizes >250 μm and 250–63 μm, (ii) settling of 63–20 μm diameter particles at 1 g (approx. 10 min), (iii) sedimentation of 20–2 μm diameter particles at 1 g (5–6 h) and (iv) centrifugation at 11,000 g to collect particles of <2 μm in diameter (Jocteur Monrozier et al., 1991; Navel and Martins, 2013). The supernatant from the centrifugation step was included in the further biological analysis and represented all organisms and DNA washed from the soil matrix and still in solution after centrifugation. Sterile material was used throughout the entire procedure. All fractions were stored at −80°C until further analysis. Soil physical analysis was carried out directly on fractions after the completed fractionation procedure.



2.2 Soil physical and chemical analysis

The particle size distributions of bulk and fractionated soil samples were determined by laser granulometry with a Mastersizer 2,000 laser granulometer (Malvern Panalytical Ltd., Malvern, UK) with and without ultrasonication treatment to determine the presence of stable aggregates. A refractive index of 1.55 was used as a model parameter according to the procedure described by Navel and Martins (2013). Total organic carbon and nitrogen concentrations were determined in duplicate on 15 mg of soil with a FlashEA1112/FLASH 2,000 Elemental Analyzer equipped with a thermal conductivity detector. For ammonium (NH4+) and nitrate (NO3–) measurements, 1 g dry weight of soil sample was extracted with 5 ml of 1 M KCl solution in a 15 ml Greiner tube on a spinning wheel for 30 min, subsequently centrifuged (5 min at maximum speed) and the supernatant used for quantification. Colorimetric measurements were performed as described previously (Hood-Nowotny et al., 2010). Major and trace elements were quantified in duplicate with 0.2 g soil after microwave-assisted acid digestion. Samples were suspended in a mixed solution of HF:HNO3 (6:2, v:v) in a pressurized closed-vessel microwave system (NovaWAVE, SCP SCIENCE). The digestion program consisted of a 10 min gradual increase to 180°C, a 10 min step at 180°C followed by a cooling step. Quantification was performed by ICP-AES (Perkin Elmer; Optima 3000 DV, PerkinElmer, Waltham, MA, USA).



2.3 DNA extraction and sequencing

DNA was extracted from 100 to 300 mg of homogenized bulk and fractionated soil samples (n = 6; DNeasy Power Soil extraction kit, QIAGEN GmbH, Hilden, Germany). Soil water content of each sample was determined gravimetrically by drying 1 g of sample at 60°C for 24 h. The supernatant samples were filtered on sterile cellulose membranes (MF-Millipore™ membrane filters; pore size 0.45 μm, Merck KGaA, Darmstadt, Germany) with a sterile filtration unit and DNA was subsequently extracted from the membranes (n = 6; DNeasy PowerWater Kit, QIAGEN GmbH, Hilden, Germany). DNA was quantified with the Qubit® dsDNA HS Assay Kit on a Qubit® Fluorometer (Invitrogen™, Thermo Fisher Scientific, Waltham, MA, USA) and stored at −20°C for further analysis.



2.4 Ribosomal intergenic spacer analysis analysis

Internal transcribed spacer regions (ITS) of bacterial and fungal communities were amplified with primer pairs FGPL 132-38/FGPS 1490-72 and fITS7/ITS4, respectively (Ranjard et al., 2000; Bokulich and Mills, 2013). Each 25 μl reaction contained 12.5 pmol of the primers and 2 ng of template DNA. Cycling conditions for the bacterial assay were: 94°C for 10 min; 29 cycles of 94°C for 20 s, 55°C for 30 s and 72°C for 1.5 min; final elongation step at 72°C for 10 min. Cycling conditions for the fungal assay were: 94°C for 10 min, 35 cycles at 94°C for 20 s, 57°C for 30 s and 72°C for 1.5 min; final elongation step at 72°C for 10 min. PCR products were run on DNA 1,000 chips on an Agilent 2,100 Bioanalyzer system (Agilent Technologies, Inc., Santa Clara, CA, USA). Tables of band profile traces were imported in R and NDMS on Bray-Curtis dissimilarity matrices were performed with the metaMDS function from the “vegan” package and plots generated with the ggplot2 package (R Core Team, 2019). PERMANOVA analysis was done on Bray-Curtis dissimilarity matrices with the adonis2 function with 999 permutations. Test on multivariate homogeneity of group dispersions was done by the betadisper and permutest function of the vegan package.



2.5 Amplicon sequence generation and analysis

Ribosomal intergenic spacer analysis (RISA) band profiles suggested distinct community profiles in the fractions. DNA samples were pooled according to fractions before library preparation for amplicon sequencing as follows: Fungal V7-V8 region of the 18S rRNA gene was amplified using FR1/FF390 primers (5′-AICCATTCAATCGGTAIT-3′—5′-CGATAACGAACGAGACCT-3′; 348 bp amplicon). Bacterial V4-V6 region of the 16S rRNA gene was amplified using 16S-0515F/16S-1061R primers (5′-TGYCAGCMGCCGCGGTA-3′—5′-TCACGRCACGAGCTGACG-3′; 540 bp amplicon). Primers were tailed with Roche multiplex identifiers (MIDs). Each reaction mix (50 μl) contained 10 pmol of each primer, 40 nmol of dNTPs, 1 x reaction buffer, 10 ng of template DNA and 1 x Titanium Taq DNA Polymerase (Invitrogen™, Thermo Fisher Scientific, Waltham, MA, USA). Cycling conditions were: 95°C for 1 min; 35 cycles of 95°C for 30 s and 68°C for 1 min; final elongation step at 68°C for 3 min. PCR reactions were loaded on an agarose gel and bands cut out and purified (Gfx—DNA Purification Kit, GE-Healthcare, Chicago, USA). Concentration of amplified DNA was quantified with the Qubit® dsDNA HS Assay Kit on a Qubit® Fluorometer (Invitrogen™) and an equimolar pool (60 ng DNA per sample) was sent for 454-pyrosequencing (Beckman Coulter GmbH, Krefeld, Germany).

All steps conducted from raw sequence files to phyloseq objects used to create plots are documented in the Supplementary material. Briefly, initial quality filtering and sequence primer trimming was performed with PRINSEQ and pyrosequencing pipeline of RDP (Schmieder and Edwards, 2011; Cole et al., 2014). Further steps followed standard analysis steps in the dada2 pipeline using recommended parameters for reads generated with 454-pyrosequencing. For bacterial amplicons, 187,465 raw reads gave 116,090 filtered, 103,405 denoised and 99,814 chimera filtered reads which resulted in 717 amplicon sequence variants (ASVs). For fungal 18S rRNA gene amplicons, 135,025 raw reads gave 130,136 filtered, 126,333 denoised and 91,080 chimera filtered reads which resulted in 1,216 ASVs. The training set for taxonomic annotation of prokaryotic reads was downloaded from the dada2 repository. For fungal 18S annotation, a training set was generated from the SILVA small subunit (SSU) reference database clustered to 99% similarity including only fungal reads and taxonomic strings in the fasta-header format were changed to match requirements of dada2. Detailed steps involved in database generation are documented in the Supplementary material. Phylogenetic trees used in the analysis were generated with FastTree from multiple sequence alignments of ASV sequences generated with MAFFT (Katoh et al., 2002; Price et al., 2009). Plots were generated within the R package phyloseq (McMurdie and Holmes, 2013).



2.6 Quantitative PCR

Quantitative PCR was performed on the 6 biological replicates using a Corbett Rotor-Gene 6,000 real-time PCR cycler and QuantiTect SYBR® Green PCR Kit (QIAGEN GmbH, Hilden, Germany). Each reaction (25 μl) contained 12.5 μ, 2x QuantiTect SYBR® Green Mix; 0.3–1.8 μl of each primer (10 μM); 100 ng of T4 gene protein 32 (Thermo Fisher Scientific, Waltham, MA, USA); 2–5 ng of template DNA and PCR grade water. Primer sequences are summarized in Supplementary Table 1. In each run three non-template control reactions were included to test for contamination of the master mix. Standard curves for all reactions were derived from serial dilutions of linearized pGEM-T plasmids (Promega, Madison, AL, USA) with the target inserted sequences (Bru et al., 2011). All standard curves were linear and had comparable R-square (0.96–0.99) and efficiency (0.85–1.05) values. Melting curve analysis was used as quality control of qPCR runs. Results from runs showing no amplification in the non-template controls and only one melting peak overlapping with the peaks from standards were considered for further analysis. Plotting and statistical analysis were performed in R using ggplot2 (R Core Team, 2019).




3 Results


3.1 Quality of soil fractionation

The particle size distributions of the obtained fractions (Figure 1) and bulk soil samples were analyzed by laser granulometry (Dynamic Light Scattering, DLS) to ensure that the targeted size ranges were captured (Table 1 and Supplementary Figure 1). The distribution curves showed a shift to smaller particles with ultrasonication (US) applied in the fractions >250 μm and 250–63 μm, but not below (Supplementary Figure 1). The main physical and chemical parameters obtained from the separate fractions and the bulk soil are shown in Table 1. As a quality estimate for the fractionation procedure, values from the single PSFs were multiplied by their mass fraction and the sum was compared to the values from bulk soil samples. While extracted DNA was overestimated with this approach, we found similar results for total carbon and nitrogen as well as NH4+ measurements. This was also the case for most major cations and trace elements measured (Supplementary Table 2). Nitrate was found to be lower in the summed-up fractions than in the bulk soil samples. The observed median diameters of the PSFs were within the expected size range, except in the <2 μm fraction where d50 was 3.1.


TABLE 1    Summary of main soil physical and chemical parameters as well as extracted DNA of particle size fractions (PSFs) and bulk samples of Rothamsted Park Grass soil.
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3.2 Microbial community structures in PSFs

Non-metric multidimensional scaling plots of RISA band profiles from PSFs and bulk soil samples (Figure 2) showed that bacterial as well as fungal community structures differed between the sample groups. PERMANOVA and subsequent multivariate homogeneity of group dispersions analysis on Bray-Curtis dissimilarity matrices (Supplementary Table 3) showed that the group means were significantly different in the data set. However, it could not be excluded that these differences were due to a heterogeneity of variance among the different groups.
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FIGURE 2
Non-metric multidimensional scaling (NMDS) of bacterial (A) and fungal (B) ribosomal intergenic spacer analysis (RISA) band profiles of different particle size fractions (PSFs) and bulk soil samples based on Bray-Curtis dissimilarity matrices. Each point represents one replicate (n = 6) and confidence ellipses are plotted for each sample group.


Results from annotated bacterial and fungal SSU rRNA amplicons are shown in Figures 3, 4, respectively. The order of taxa on the y-axis as well as the PSFs and bulk soil samples on the x-axis of the heatmap plots are based on a PCoA ordination of unweighted unifrac distances. Therefore, the left and right columns of the heatmap plots are adjacent in a continuous ordering and more discriminating groups are placed in the middle of the heatmap. Taking all bacterial ASVs at genus level into account (Figure 3A), PSFs with bigger aggregated structures (>250 and 250–63 μm) showed communities closer to bulk soil samples based on relative abundance. The smaller PSFs (<63 μm) showed a distinct community composition which placed them central of the heatmap plot. The supernatant clearly separated from all other PSFs with Bacteroidota (mainly Mucilaginibacter and Edaphobaculum) and Proteobacteria (mainly Pseudomonas, Massilia, Duganella, Janthinobacterium, and Variovorax) dominating the community (Figure 3D).


[image: image]

FIGURE 3
Annotated bacterial amplicon sequence variants (ASVs) of small subunit (SSU) rRNA gene amplicons collapsed to genus level. (A–C) Show heatmaps of all genera detected, genera present over and under 1% in relative abundance, respectively. Order of x and y-axis of heatmaps are based on a PCoA ordination of unweighted unifrac distances. (D) Bar plots of higher abundant phyla showing genera over 0.3% in relative abundance. (E) Bar plots of lower abundant phyla (unfiltered). If taxa unit could not be annotated at the genus level the name of the last higher rank where an annotation at a bootstrap value of 0.8 was possible is shown.
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FIGURE 4
Annotated fungal amplicon sequence variants (ASVs) of small subunit (SSU) rRNA gene amplicons collapsed to genus level. (A–C) Show heatmaps of all genera detected, genera present over and under 1% in relative abundance, respectively. Order of x and y-axis of heatmaps are based on a PCoA ordination of unweighted unifrac distances. (D) Bar plots of higher abundant phyla showing genera over 0.2% in relative abundance. (E) Bar plots of lower abundant phyla (unfiltered). If taxa unit could not be annotated at the genus level the name of the last higher rank where an annotation at a bootstrap value of 0.8 was possible is shown.


Fungal communities showed a shift in community structure from larger to smaller PSFs at the phylum level (Figure 3). The relative abundance of Basidiomycota (mainly Hygrocybe and other Agaricomycetes) decreased by about 45% (from >250 to <2 μm), whereas that of Ascomycota (mainly Hypocreales, Eurotiales, Aspergillaceae, and Alternaria) and Mucoromycota (mainly Mortierella and Cunninghamellaceae) increased within these size classes by about 25 and 15%, respectively. Within the Mucoromycota annotated reads, a shift from Mortierella to taxa in the Mucorales order (Cunninghamellaceae) was observed in smaller PSFs. All fungal phyla showed a decrease in relative abundance in the supernatant samples with the exception of the Ascomycota, which were dominated by Alternaria and Aspergillaceae reads.



3.3 Abundance of bacterial, fungal, and N-cycling genes

The highest abundances of bacterial, fungal and archaeal SSU rRNA gene copies per gram of dry soil were found in the <2 μm fraction (Figures 5A–C, respectively). The lowest were found in the 63–20 μm and in the supernatant. The other fractions showed comparable abundances to the bulk soil samples. The proportion of nitrogen cycle marker genes in reductive pathways [nitrite reductases (nirK and nirS) and nitrous oxide reductases (nosZ clade 1 and 2; Figures 2C, D, respectively] relative to the total estimated abundance of bacteria was higher in the >250 μm and 250–63 μm PSFs compared to the bulk soil samples. Overall, the proportion of marker genes for reductive nitrogen cycling decreased with particle size (Figure 5J; R2 = 0.46, Supplementary Table 4). Marker genes for oxidative pathways in the nitrogen cycle (bacterial and archaeal ammonia monooxygenase (amoA); Figures 5H, I) did not change across the distinct sample groups and were generally low (∼104 copies g–1dry soil). However, we were not able to detect ammonia oxidizing bacterial genes in the <2 μm and supernatant fractions, whereas this was not the case for the ammonia-oxidizing archaeal genes.
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FIGURE 5
Abundance estimated by quantitative PCR (n = 6) of bacterial, fungal, and archaeal SSU rRNA genes [(A–C), respectively] and ratios of various nitrogen cycling maker gene abundances in obtained fractions and bulk soil. (D,E) Nitrite reductases to bacterial SSU rRNA. (F,G) Nitrous oxide reductases to bacterial SSU rRNA. (H) Ammonia oxidizing bacteria to bacterial SSU rRNA. (I) Ammonia oxidizing archaea to bacterial SSU rRNA. (J) Linear regression (p-value = 0.026) of ratio of summed up reductive N-cycle marker to bacterial SSU rRNA. Values presented in the supernatant group were obtained by calculating the amount washed-off DNA from 1 g of soil during the fractionation procedure to allow comparison. P-values correspond to non-parametric ANOVA Kruskal–Wallis tests. Asterisks indicate significance from Wilcoxon tests between the sample group and bulk soil samples (* and ** stand for alpha = 0.05 and 0.01, respectively).





4 Discussion


4.1 DNA retrieved from bulk and fractionated soil samples

The perfect fractionation of a soil sample would result in equal values of a parameter measured in both the bulk soil sample and in each PSF multiplied with its mass fraction and totaled. Calculations in Table 1 and Supplementary Figure 2 show that this was the case for almost all measured parameters. However, if the totaled value was found higher or lower than the one in the bulk soil, a cross-contamination between fractions could have occurred. For example, if the measured analyte would be transferred to a fraction with a high (i.e., >250 or 63–20 μm) or a low (i.e., <2 μm) mass fraction, the totaled value from the fractions would deviate from the one found in the bulk soil samples.

For extracted DNA, the totaled value was found higher but not significantly different from the bulk soil sample. Highest amounts of extracted DNA and abundance of bacterial and fungal communities were found in the <2 μm fraction. Due to its low mass fraction (∼2.5%) one would expect lower totaled values if a significant transfer of DNA from other fractions would have occurred. This suggests that DNA based parameters are connected to the respective fractions in this study and are not critically biased by cross-contamination effects. However, we cannot exclude that multiple cross-contaminations cancel each other out or that DNA originating from other fractions binds to clay during the dispersion step and is thus collected in the <2 μm fraction. Although these scenarios are difficult to trace back, we believe that the approach to compare totaled vs. bulk soil values adds a level of confidence in the microbiological interpretation of our dataset.



4.2 Microbial particle size preferences

Microbial community structures found in the fractionated samples differed from those of bulk soil (Figure 2). These differences increased with deceasing particle size class and was highest in the supernatant samples. Therefore, the investigation of size classes within the microaggregates (<250 μm) shows potential to gain knowledge on the spatial organization of microbial communities in soil. Results are further discussed based on the different PSFs:

Over 250 and 250–63 μm: The shift to smaller particle sizes induced by ultrasonic (US) treatment showed that we were able to collect still intact aggregates after soil dispersion (Supplementary Figure 1). It is therefore likely that the microbial community found in these aggregates contributes to their stability. Macroaggregate stability has been linked to hyphal abundance of saprophytic and lignin degrading basidiomycetes previously (Caesar-TonThat and Cochran, 2000; Tisdall et al., 2012). Our data confirms this as Basidiomycota (Hygrocybe and other taxa within the Agaricomycetes) dominated the fractions larger than 250, and between 250 and 63 μm but decreased in smaller PSFs (Figure 4D). Hygrocybe was previously identified in nutrient poor, unmanaged grasslands (Griffith et al., 2004; Silvertown et al., 2006; Griffith and Roderick, 2008) and members of the Agaricales can establish large, long lived mycelial networks, which likely have a stabilizing effect in these aggregates obtained in these PSFs through hyphal meshing of smaller microaggregates and production of binding agents (Six et al., 2000; Christensen, 2001; Kleber et al., 2007).

Ascomycota increased in relative abundance with decreasing particle size (Figure 4D). This phylum has been shown to be efficient at forming aggregates at a macroscopic scale, due to its high hyphal density (Lehmann et al., 2020). However, our data suggests that small microaggregates constitute preferred habitats for Ascomycota were specific taxa increased in relative abundance like Aspergillaceae and Eurotiales.

63–20 μm: This fraction was characterized by silt-organomineral microaggregates that had the lowest concentrations of organic carbon, measured ions, extracted DNA and microbial abundances but constituted 25% of the total soil mass. This suggests the presence of inert particles with a low negative surface charge that would limit adhesion of organics, ions and microbes (Chenu and Stotzky, 2002; Mills, 2003). Blastocladiomycota, although found only in low relative abundance (∼ 0.02%) in bulk soil communities, were preferentially detected. These organisms, along with Chytridiomycota, belong to the zoosporic true fungi group (Gleason et al., 2012). Their ability to produce zoospores with a flagellum (Sparrow, 1960; Barr, 2001), their survival in nutrient depleted environments for long periods of time (Gleason et al., 2010) and their attachment to mineral surfaces and insoluble minerals may explain why they are mainly detected in the silt-organomineral microaggregates.

20–2 μm: Bacterial communities were found comparable in higher PSFs but discriminated in this fraction and below (Figure 2A). This might indicate that we can access microbial niches more specifically looking at particles below 20 μm, which is supported by previous findings stating that the majority of bacterial interactions occur at that scale (Raynaud and Nunan, 2014). For example, an increase in sequences annotated to Clostridium was observed, which could indicate oxygen-limited conditions, as Clostridium was previously linked to the fermentation of organic matter in the soil (Boutard et al., 2014). However, as Clostridium is spore forming, its elevated abundance could also be due to an accumulation of spores in that fraction.

For fungi a shift within the Mucoromycota was observed from Mortiella dominating bigger PSF to Mucorales related taxa (Cunninghamellaceae, Mucor, and Absidia) below 20 μm (Figure 4D). Mucoraceae have previously been reported to dominate non-Dikarya in similar PSFs (Hemkemeyer et al., 2019; Bonfante and Venice, 2020). However, the increase of these fungi in small microaggregates remains speculative. Following our observation of a general decrease of Basidiomycota involved in enmeshment of larger aggregate classes, different adhesive forces might take over in order to connect single particles to microaggregates, such as excretion of exopolysaccharides (EPS), for attachment (Flemming and Wingender, 2010; Tisdall et al., 2012; Costa et al., 2018; Sevinç Şengör, 2019; Pandit et al., 2020). A possible mechanism involving the binding of chitosan present on cell walls of Mucorales to clay particles is described in the <2 μm section below. Glomeromycota, an important sub-group of Mucoromycota expected to be present in an unmanaged soil, was not found in our study. The detection of this group with the universal fungal primers used is not without difficulties (detection limit when Glomeromycota are present at low abundance) as explained in the primer design study (Chemidlin Prévost-Bouré et al., 2011), which might explain the unexpected outcome.

Below 2 μm: This fraction showed the highest abundances of bacteria and fungi and an accumulation of organic C and N and cations such as ammonium, iron, calcium, copper and chromium. Several studies have also found that clay fractions contained the highest gene copy numbers or biomass (Jocteur Monrozier et al., 1991; Neumann et al., 2013; Hemkemeyer et al., 2018). Clay particles have varying degrees of negative charges on their surface depending on their chemical composition and are known to interact with microbes in multiple ways (Mills, 2003; Mueller, 2015). This allows microbial cells to adhere through electrostatic forces where enhanced adhesion aided by EPS-like structures could occur (Chenu and Stotzky, 2002; Flemming and Wingender, 2010). EPS exhibit and enhance key criteria for microbial life such as nutrients and water binding, physical and chemical protection and signaling (Costa et al., 2018; Watteau and Villemin, 2018). One explanation for the high microbial abundance and nutrient levels found could therefore be that we collected EPS bound communities by centrifugation in this fraction and that binding of cells and free DNA on clay particles might be even enhanced during the fractionation procedure. Nevertheless, the microbial community we find here were the most discriminating compared to bulk soil samples and preferentially selected a part of the total community which is detected at lower relative abundance in the bulk samples. Therefore, we think that studying microbial communities in this fraction harbors potential in studies focusing on soil microbiome functions.

Another explanation for the higher abundance could be that the total available surface for microbes to attach increases when particle size decreases. This is supported by increasing estimates of abundances for bacteria, fungi and archaea when going from 63–20 to <2 μm fractions (Figures 5A–C). While the high numbers of fungi could also be explained by an accumulation of spores in this fraction, as suggested by Hemkemeyer et al., 2019, we were surprised to find that the relative abundance of Mucoromycota increased to ∼27%. The cell wall of fungi withing the Mucorales is considered unique as it is the only natural source of the biopolymer chitosan known to date (in contrast to chitin, which is abundant) (De Oliveira Franco et al., 2004; Sahariah and Másson, 2017; Elsoud and Kady, 2019; Kaczmarek et al., 2019). Chitosan has been intensively studied in engineering applications due to its binding properties to clay, resulting in nanocomposites with unique properties such as strong absorption (Wan Ngah et al., 2011). It seems plausible that a similar mechanism is responsible for the increased binding of Mucorales to clay particles in soil, which would explain the observed accumulation in this size class.

Supernatant: Almost all bacterial taxa detected in the this fraction were previously reported to be involved in EPS production and biofilm formation (Pankratov et al., 2007; Pantanella et al., 2007; Urai et al., 2008; Andrews et al., 2010; Fish and Boxall, 2018; Sevinç Şengör, 2019; Fredendall et al., 2020; Pandit et al., 2020) and dominated by the phyla Proteobacteria (Pseudomonas, Massilia, Variovorax, Burkholderia, Duganella, and Janthinobacterium) and Bacteroidota (Mucilaginibacter and Edaphobaculum) which were present in the PSFs only at low abundances (Figure 3 and Supplementary Figure 2). Adding centrifugation steps to soil fractionation protocols could therefore be of use in studies focusing on biofilm forming microorganisms.

The settlement of particles in a solution depends in part on density (Li and Yuan, 2002; Yamada et al., 2013). Thus, one explanation for the observed occurrence of specific taxa could be the presence of gas vesicles, which can provide buoyancy (Walsby, 1972; Pfeifer, 2012). Extracellular DNA (eDNA) could also remain in solution rather than settling during centrifugation. In a recent study, it was shown that Pseudomonas forming biofilm on fungal hyphae used eDNA filaments to create stability (Guennoc et al., 2018). This could explain the higher abundance of Pseudomonas sequences in the supernatant, although it would imply that the excreted DNA contains the targeted SSU rRNA gene used in our study. However, the amount of 16S rRNA gene copies per ng DNA were found to be similar in the supernatant and bulk soil samples, suggesting a comparable ratio of rRNA genes to total DNA.

Filamentous fungi were not expected to be detected in the supernatant, or if so, only in low abundances. Indeed, the abundance of fungi in this fraction was found to be significantly lower (Figure 5B) compared to the PSFs. The dominance of Alternaria related sequences might be due to spores from this genus which do not settle during the final centrifugation step. Yeasts or fungi which can reproduce in yeast form might also end up in this fraction depending on buoyancy as discussed for bacteria before. ASVs annotated to yeasts included Cystobasidium, Malassezia, Sporidiobulus, Schefferomyces, Pichia, and Filobasidium (Supplementary Figure 3B). Saitozyma, another ubiquitous yeast often found in soil (Yurkov, 2018), was linked to bigger PSFs (Supplementary Figure 3A) which could point to differences in preferred habitats.



4.3 Nitrogen cycling potentials in obtained particle size fractions

Microbes driving oxidative and reductive reactions with the nitrogen cycle depend on the availability of their preferred electron donors and acceptors to thrive, which in turn describes micro-niches for these organisms. Therefore, we measured marker genes which served as a proxy to access spatial niches within the nitrogen cycle. Overall, the proportion of nitrite reductase (nirK and nirS) and nitrous oxide reductase (nosZ clade 1 and 2) copies to the overall bacterial community (Figures 5D–G) was consistent with previous studies on unmanaged soils (Henry et al., 2006; Philippot et al., 2009; Cuhel et al., 2010; Bru et al., 2011; Di et al., 2014). The observed relationship of a potential N-oxide reducing community decreasing in relative abundance with particle size (Figure 5J) suggests that denitrifying organisms find optimal conditions in larger stable aggregate structures. This is in agreement with a previous study, which showed that denitrification activity was higher in larger PSFs while copy number of marker genes was comparable (Miller et al., 2009). In contrast, nitrogen cycle oxidative pathways are uniformly distributed in PSFs, albeit at low levels. The low abundance of ammonia oxidation has been previously demonstrated in pristine grasslands compared to managed soils (Stienstra et al., 1994; Leininger et al., 2006; Adair and Schwartz, 2008). In unfertilized soils, nitrogen mineralization from decomposing organic matter and biological N-fixation are critical for N-supply (De Vries et al., 2011; Fowler et al., 2013). The low abundance of amoA genes detected (Figures 5H, I) suggests that this NH4+ pool was not accessible to ammonia oxidizers and thus could be primarily used in an assimilatory manner by plants and other microbes (Norton and Ouyang, 2019).

Altogether, the distribution of nitrogen cycling communities in PSFs did not show a clear pattern other than a preference for reductive pathways in larger aggregated structures where oxygen might periodically become limited and the switch to other electron acceptors constitutes an advantage. In an unmanaged natural grassland, nitrogen cycling microbes find limiting resources which results in an ecological equilibrium. The observed patterns might therefore change when the same fractionation method is applied to fertilized soils.




5 Conclusion

This study confirms that distinct habitat preferences of microbial communities are reflected by the size of soil particle aggregates and extend this by showing that a further separation of microaggregates (<250 μm) leads to bigger observed discrimination of community structures. Advances in data generation from smaller samples in combination with sampling techniques at micrometer scale will therefore be key to knowledge gain in a complex environment like soil. The observed shift in fungal taxa is in line with previous findings where hyphal meshes of Basidiomycota stabilized larger aggregates. We showed that fungal communities change in particles below 20 μm. This points to a different role of fungi at those scales. Particularly, similar fractionation approaches might be relevant in studies focusing on bacterial-fungal interactions, as close proximity is a key feature (Kohlmeier et al., 2005; Deveau et al., 2018; Sharma et al., 2020).

Only a few taxa from two bacterial and one fungal phyla (Proteobacteria, Bacteroidota, and Ascomycota, respectively) were recovered in the supernatant fraction. By rinsing soil through sieves during the applied wet fractionation, these microbes are likely washed-off the soil matrix and thus can be seen as loosely attached. This shows that the presence of microbial communities found in a specific fraction does not necessarily mean that we find them with the particles we isolate. The probability of cross-contamination should therefore be evaluated differently for each obtained fraction. For example, loosely attached communities in the supernatant likely stem from particles of random size, whereas those in the bigger PSFs can be linked to stable cores of bigger aggregated structures. The biggest risk of cross-contamination effects might be in the very fine <2 μm fraction, where binding of cells and eDNA to clay particles could lead to misinterpretation (Mueller, 2015; Fomina and Skorochod, 2020). Such a scenario is supported by the high microbial densities and diversities usually found in that fraction using similar approaches (Hemkemeyer et al., 2018, 2019). In our study, taxa found in the supernatant were often also detected in elevated relative abundances in the <2 μm PSF. It seems therefore plausible that of i.e., Pseudomonas, Massilia, or Pseudoathrobacter were detached from the soil matrix and then partly bound to clay particles until saturation and settled in the <2 μm fraction during centrifugation. Remaining cells and eDNA can then be found in the supernatant. However, data from Bacteroidota and fungi do not support this theory. It has previously been shown that the nature of the fractionation method has an influence on the distribution of extracellular enzyme activity, which is likely also the case in studies focusing on microbes in soil (Bach and Hofmockel, 2014). As dry fractionation approaches usually obtain no clay fractions, a comparison of data to estimate these cross-contamination effects proves difficult.

Overall, the gentle fractionation of soil in fractions below the size of microaggregates shows potential to answer relevant research questions in soil microbial ecology by accessing communities at scales where they operate. Specifically, the attempt to wash-off and analyze microbes with varying degrees of detachment forces from soil might generate insight in how communities are organized in biofilm-like structures in soil.
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*Mean significantly different from bulk soil value tested by Dunnets multiple comparison test (alpha = 0.05).
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