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Introduction: Pollen is an important tissue in plants that plays a vital role in plant reproduction as it carries male gametes and occasionally also serves as a pollinator reward. There has been an increasing interest in pollen chemistry due to the impact of chemical variation on pollinator choices and well-being, especially in bees. The pollen fat content and lipid-to-protein ratio have been shown to play a crucial role in regulating pollen intake, and some bee species avoid overconsumption of fatty acids while specific pollen fatty acid ratios are essential for bee cognition. Therefore, knowledge of the fatty acid composition of plant pollen is crucial for understanding plant-pollinator interactions. However, existing methods for fatty acid analyses are not always specific to pollen fatty acids, and non-pollen-derived fatty acids can easily contaminate samples, making comparison between different methods impossible. Hence, the objectives of our study were to highlight the common mistakes and pitfalls made during pollen fatty acid extraction and analysis and propose a common protocol for reliable comparisons of pollen samples.

Methods: The proposed method, developed in two different labs using different gas chromatograph/mass spectrometers and gas chromatograph/flame ionization detectors, involved manually homogenizing pollen, extracting it with chloroform:methanol (2:1), and analyzing it using gas chromatography (GC) and mass spectrometry (MS) and a flame ionization detector (FID) for identification and quantification.

Results: We found that many fatty acids were present in plastic materials and many solvents commonly used in the labs, cautioning against the use of plastic and recommending blank samples to determine the level of contamination. We also suggest adding an internal standard and checking the MS and FID’s saturation limit before starting pollen homogenization.

Discussion: Our proposed method generated reliable fatty acid profiles of pollen from two different plant species analyzed in the two labs, and we hope it serves as a blueprint for achieving a common methodology for characterizing and comparing pollen fatty acid profiles in ecological research.
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Introduction

Plant pollen is an intriguing plant tissue, which carries the male gametes from one plant individual to another. In some plant species, pollen additionally serves as a reward for pollinators. In fact, pollen is a major dietary source for many bee pollinators (Waser and Ollerton, 2006; Michener, 2007). However, pollen is chemically very complex, containing not only all micro- and macro-nutrients considered essential for bees but also a diverse array of plant secondary metabolites which can be either beneficial or toxic to pollinators (Palmer-Young et al., 2019a,b; Stevenson, 2020; Thakur and Nanda, 2020). Recent years have seen a substantial increase in interest in pollen chemistry, possibly due to growing concerns about pollinator declines and a subsequent strong scientific interest in understanding the underlying mechanisms and halting this trend.

The chemical characteristics of floral pollen are believed to have a significant impact on the well-being of pollinators that consume it, including bees. Pollen from different plant species has been found to have varying effects on bee behavior, development, survival, and reproduction (Eckhardt et al., 2014; Vanderplanck et al., 2014; Roger et al., 2017; Ruedenauer et al., 2020b). These effects are likely attributed to differences in pollen chemical profiles and may account for why bees exhibit greater selectivity when gathering pollen than when collecting nectar (Waser and Ollerton, 2006; Nicholls and Hempel de Ibarra, 2017).

Floral pollen consists of a manifold of different chemicals, including micronutrients, such as vitamins and minerals (Togasawa et al., 1967; Loper et al., 1980) as well as macronutrients like carbohydrates, e.g., sugars and starch (Roulston and Cane, 2000), protein and peptides (Roulston and Cane, 2000; Vanderplanck et al., 2014) and lipids. The latter contain various compounds, such as fatty acids (FAs) and sterols (Manning, 2001; Vanderplanck et al., 2011). Recent studies have found that the protein-to-lipid ratio in particular, as well as the contents and ratios of various FAs are strongly related to bee foraging decisions and larval development (Vaudo et al., 2016a,b, 2020; Kraus et al., 2019; Arien et al., 2020; Ruedenauer et al., 2020a). These findings indicate that pollen FAs may play a hitherto underestimated role in determining the dietary quality of pollen for various bee species.

FAs and other lipids are found in the pollenkitt, an oily layer on the pollen exine, as well as inside the pollen (Pacini and Hesse, 2005). Fat inside pollen is mainly used as energy storage and can be converted to sugar in case of metabolic needs (Beevers, 1980). Pollenkitt appears to serve multiple functions, including adhesion (e.g., on anthers and pollinators), protection against microorganisms and UV radiation, and attraction of pollinators (Pacini and Hesse, 2005). Hence, fat in pollen (like pollen itself) is primarily used for plant reproduction. Interestingly, the lipid and fat content of pollen varies significantly among different plant species (e.g., Roulston and Cane, 2000; Manning, 2001; Ruedenauer et al., 2019), which may, among other reasons, explain the differences in bee choices and effects on their well-being mentioned above.

Pollen lipids, especially pollen fatty acids (FAs), have been found to have a strong and partly unexpected effect, leading to increased interest in analyzing their content over the past years. Previous methods used to assess pollen fat or lipid content have focused on analyzing the total lipid content, such as the Folch and Bligh & Dyer assays. These methods use chloroform: methanol and water or a salt solution to separate the polar from the non-polar pollen fraction (Folch et al., 1957; Bligh and Dyer, 1959). Another method is the vanillin assay, which uses sulfuric acid that reacts with the double bonds of FAs and vanillin-phosphoric acid, leading to a color change following the reaction; the color absorbance correlates with the pollen lipid amount (Cheng et al., 2011). The above-mentioned approaches are rather crude since they extract a variety of other substances, such as sterols, tocols, and phenolic compounds (Peterson et al., 2007; Ulusoy and Kolayli, 2014) besides FAs (Folch and Bligh & Dyer), or only target a specific group of FAs (unsaturated FAs in the vanillin assay) (Knight et al., 1972, see Lau et al. (2022) for a detailed review of the different methods for extracting lipids from pollen). Alternative, more accurate approaches use gas chromatographic analyses (e.g., Markowicz Bastos et al., 2004; Kostić et al., 2017; Wu et al., 2019; Gercek et al., 2022; Lau et al., 2022; Peters et al., 2022). However, existing protocols have detected relatively few FAs (e.g., Markowicz Bastos et al., 2004; Lau et al., 2022), used plastic during extraction (e.g., Lau et al., 2022), did not run blank samples (e.g., Markowicz Bastos et al., 2004; Kostić et al., 2017), used FAs that are naturally present in pollen (e.g., tetracosanoic acid) as internal standard (e.g., Lau et al., 2022), added the internal standard later in the analysis or did not add any internal standard for quantification. These differences in methodological approaches render comparisons among studies difficult. This study aimed to (i) identify the most common mistakes and pitfalls in extracting and analyzing pollen FAs, and (ii) suggest a common protocol for improving their analysis to enable reliable comparison between pollen samples. Based on other protocols in the literature, we propose a chromatography method that uses only one internal standard and can overcome common pitfalls while being simple and precise. This method can be used for comparative studies, primarily needed in the field of ecology. Considering the natural variation in pollen of the same plant species, the method can be considered reliable and of sufficient accuracy. However, further improvements may be necessary to obtain the most accurate quantifications possible (e.g., for comparison of intraspecfic variance).



Materials and equipment

We utilized a combination of gas chromatography–mass spectrometry (GC–MS) and gas chromatography-flame ionization detection (GC-FID) (GC: 7890B and 6890N for comparison, MSD: 5977B and 5975 for comparison, Agilent Technologies, Santa Clara, United States) to conduct a qualitative and quantitative analysis of FAs. Both GCs had a single taper liner for splitless injection with 4 mm inner diameter and glass wool. GC 7890B had a liner with ultra inert deactivation (Joint Analytical Systems GmbH, Moers Germany) and GC 6890N had a liner with standard deactivation (Agilent Thechnologies). Trimethylsulfonium hydroxide (TMSH) (0.2 M in methanol, Macherey Nagel, Düren, Germany) was used as FA derivatization agent. A standard mix of fatty acid methyl esters (FAME) with a carbon chain length of C8-C24 (Sigma-Aldrich, Darmstadt, Germany) was used to verify the reliability of GC–MS and GC-FID for FAME quantification and identification. The solvents used were: chloroform (ROTISOLV® HPLC, Carl Roth GmbH + Co. KG, Karlsruhe, Germany), methanol, heptane, and dichloromethane (all SupraSolv®, Merck, Darmstadt, Germany). The materials used were: Eppendorf tubes (Hartenstein GmbH, Würzburg, Germany), screw thread bottles (with plastic lids, Schott, Mainz, Germany), micropipette tips (Greiner Bio-One GmbH, Frickenhausen, Germany), 4 mL glass vials with screw caps with polytetrafluoroethylene (PTFE)/Butyl/PTFE without adhesive, 1.5 mL GC vials with screw caps with silicone/PTFE, and 300 μL glass inserts (all from Chromatographie Zubehör Trott, Kriftel, Germany).



Methods


Mistakes that could be made when extracting and analyzing pollen FAs and how to avoid them

During the development of our protocol and a literature review of FA analyses, we identified several common mistakes in pollen FA extraction and analysis. These include: (i) the use of high sample concentrations that may exceed the saturation limit of gas chromatography detectors (such as mass spectrometers and flame ionization detectors); (ii) quantification of FAs only by GC–MS without generating standard curves for individual fatty acids which can result in varying peak areas in the chromatograms (see below); and (iii) the use of plastic materials for FA extraction, which can lead to fatty acid contamination. To address these issues we: (a) determined the maximum sample concentration that does not exceed the saturation level of our MS and FID; (b) evaluated which GC detector (i.e., MS or FID) is more suitable for FA quantification when using one internal standard; and (c) assessed the occurrence of FAs in potential sources of contamination, such as Eppendorf tubes (which are commonly used for pollen storage and extraction) and other plastic materials.



Selection of a detector and saturation limit for FA quantification

To improve the analysis of FAs in pollen samples, it is recommended to convert them to their fatty acid methyl ester (FAME) form due to their poor vaporization and potential tailing peaks in gas chromatography (GC) caused by their polar groups (Řezanka et al., 2016; Chiu and Kuo, 2020). To assess the saturation levels of our GC-mass spectrometry (GC–MS) and GC-flame ionization detection (GC–FID) methods for FA analysis, we used a FAME standard (FAME mix C8–C24) with total standard concentrations ranging from 10 to 600 ng/μL in heptane (see Supplementary Table S1 for compound details). Each concentration was injected three times in both GC–MS and GC-FID, except for the 10 ng/μL standard, which was run only once due to inadequate results.

In both, GC–MS and GC-FID, helium was used as carrier gas. For the GC–MS, 1 μL of each sample was injected with an autosampler in splitless mode at 300°C (following Peters et al., 2022). The initial oven temperature was set to 60°C. After 1 min, the temperature was increased to 150°C at 15°C/min, which was held for 10 min, then increased to 320°C at 10°C/min and held for 10 min. Electron ionization mass spectra were recorded from 40 to 650 m/z. MS source temperature was 230°C. For data acquisition, we used the software MSD ChemStation F.01.00.1903 (Agilent Technologies, Santa Clara, United States).

Interestingly, 9,12,15-octadecatrienoic acid methyl ester was not detected in the chromatograms with this GC–MS method, so we changed the GC program for the GC-FID runs. After the injection at an initial oven temperature of 60°C, the temperature was directly increased to 320°C at 5°C/min and held for 10 min (i.e., in the FID runs we only had one ramp instead of two). FID temperature was set to 300°C and the gas flows were set to 400 mL/min for air, 30 mL/min for H2, and 25 mL/min for makeup gas (N2). For these GC-FID runs, samples were manually injected.

Note that the FAMEs have varying concentrations in the FAME standard (Supplementary Table S1). To enable the use of a single internal standard for fatty acid (FA) analysis, we adjusted for concentration differences by calculating the expected peak area of each FAME at 5% concentration in the standard. For visualization and comparison among FAMEs, we plotted the total sample concentration (x-axis) and peak area of each FAME at 5% (y-axis) (Figures 1, 2) (plots without correction: Supplementary Figures S3–S5). We determined the saturation limit of the detectors by observing the non-linear increase in the correlation curve of sample concentration peak area, beyond which peak areas cannot be reliably quantified. To demonstrate the loss of linearity and increased variation between FAMEs after reaching saturation, we obtained the adjusted R values of linear models with the peak area as the response variable and sample concentration as the explanatory variable for both MS and FID data [software R version 4.2.2 (R Core Team, 2022)]. The first set of models used the standard concentrations of 10, 100, 200, and 300 ng/μL. The second set used concentrations between 400, 500, and 600 ng/μL.
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FIGURE 1
 Saturation level of the mass spectrometer (MS). The plots show the total fatty acid methyl esters (FAMEs) standard concentration and the average peak area of each FAME (all at 5% concentration) at the corresponding total standard concentration. Each solution with its specific concentration was injected three times in the GC–MS, the average of these 3 runs is represented as a dot in the plot. Note that after 400 ng/μL the correlation between standard concentration and area is no longer linear and variation increases substantially. (A) FAMEs with carbon-chain lengths between 8 and 18. (B) FAMEs with carbon-chain lengths between 18 and 24.
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FIGURE 2
 Saturation level of the flame ionization detector (FID) of the gas chromatograph. The plots show the total fatty acid methyl esters (FAMEs) standard concentration and the average peak area of each FAME (all at 5% concentration) at the corresponding total standard concentration. Each solution with its specific concentration was injected three times in the GC-FID, the average of these 3 runs is represented as a dot in the plot. Note that after 400 ng/μL the correlation between standard concentration and area is no longer linear and variation increases substantially. (A) FAMEs with carbon-chain lengths between 8 and 18. (B) FAMEs with carbon-chain lengths between 18 and 24.


Despite the possibility of over- or underestimation of some compounds (see Results “Selection of a detector and saturation limit for FA quantification”) we opted to use a single internal standard for quantification due to the high variability of samples, such as pollen, which can contain over 60 different FAs with unknown compositions. Using an internal standard, we assumed that all compounds should have the same peak area for the same concentration. Therefore, we additionally compared the peak area between GC–MS and GC-FID for the same FAMEs at the same concentrations (300 ng/μL, Figure 3). We also calculated the R2 values of a linear model with area and sample concentration for all concentrations (10–600 ng/μL) to compare the variation between samples in MS and FID. Additionally, we calculated the coefficient of variation (CV) between all FAs at the same concentration (5%).

[image: Figure 3]

FIGURE 3
 (A) Comparison of average peak areas of fatty acid methyl esters (FAME) at the same concentration (5%) using two different analytical methods to quantify FAs: gas chromatography–mass spectrometry (GC–MS) and gas chromatography-flame ionization detector (GC-FID). Note the high variation between areas when using MS (CV = 0.663) compared to FID (CV = 0.427). (B) Zoom-in of the peak areas obtained with GC-FID. There is some variation between areas when using FID but it is less than when using MS. The total standard concentration was 300 ng/μL and it was injected three times, the average of these 3 runs is represented as a dot in the plot.




Analysis of plastic products used for nutrient analyses to test for the occurrence of FAs

In nutrient chemical analyses, it is common to use plastic materials such as screw thread bottles (with plastic lids), micropipette tips and Eppendorf tubes for solvent storage, pipetting and the extraction process. We investigated if these materials can release FAs during extraction with chloroform and methanol. We extracted the following materials in chloroform: methanol (2:1): (a) a lid from a screw thread bottle (the bottle was placed upside down and left at room temperature for 24 h), (b) an Eppendorf tube (we added 1.5 mL to the solution and left it for 24 h), and (c) a micropipette tip (submerged for 24 h). We also added 7 μL of chloroform to a 300 μL insert of a glass vial using (d) a plastic micropipette tip and (e) a glass Pasteur pipette. We finally produced a (f) blank control by only using glass vials and a single-use plastic micropipette (for adding 7 μL of 200 ng/μL nonadecanoic acid in chloroform, as internal standard), but without adding pollen nor FAME standard.

For (a), (b), (c), and (f) extracts were evaporated under a gentle stream of CO2 or nitrogen (depending on the laboratory where the samples were prepared) until they could be transferred into a 300 μL insert of a glass vial to be completely evaporated. The extracts of (d) and (e) were also completely evaporated. For GC analysis, all FAs obtained in the extracts were converted to FAMEs by adding 20 μL of trimethylsulfonium hydroxide (TMSH) with a glass syringe to the samples (a) and (c). In order to adjust the concentration, for (b), (d), (e), and (f) only 10 μL of TMSH were added to the samples, while extracts (b) and (f) were then further diluted with 150 μL of dichloromethane.

FAs were analyzed via GC–MS using an autosampler and the GC program for the FID runs above mentioned. FAs were identified based on their mass spectra, retention times, and by comparing their spectra to respective compounds of the FAME standard (FAME mix C8–C24, Supplementary Table S1), and the NIST 17 library using the NIST MS Search 2.0 software.




Results


Mistakes that could be made when extracting and analyzing pollen FA and how to avoid them


Selection of a detector and saturation limit for FA quantification

Our initial experiments revealed that the linear correlation between concentration and peak area stopped for total FAME concentrations above 400 ng/μL. Specifically, our results showed that the linear correlation existed between 10 and 300 ng/μL (MS results: linear model between 10 and 300 ng/μL adjusted R2 = 0.81, F1, 154 = 651.2, p < 0.0001; linear model between 400 and 600 ng/μL adjusted R2 = 0.29, F1, 115 = 48.86, p < 0.0001. FID results: linear model between 10 and 300 ng/μL adjusted R2 = 0.84, F1, 138 = 745.3, p < 0.0001; linear model between 400 and 600 ng/μL adjusted R2 = 0.5, F1, 124 = 126.4, p < 0.0001). These results corresponded to a chromatogram abundance between 2.2e+07 and 2.3e+07, in our GC–MS, and to a chromatogram response between 700,000 and 750,000, in our GC-FID (Figures 1, 2).

Furthermore, differences among peak areas of FAMEs increased with sample concentration, particularly for sample concentrations above 400 ng/μL (Figures 1, 2) (MS: adjusted R2 = 0.81 between 10 and 300 ng/μL and adjusted R2 = 0.29 between 400 and 600 ng/μL. FID: adjusted R2 = 0.84 between 10 and 300 ng/μL and adjusted R2 = 0.5 between 400 and 600 ng/μL). This loss of the linear relationship and the increase of variation between peak areas implied that we had reached the saturation levels of the detectors at 400 ng/μL and that the peak areas obtained after this threshold were no longer reliable for FA quantification. Therefore, before analyzing FA, the saturation limit of the MS and FID should be investigated to ensure that the sample concentrations are within the reliable detection range.

We also observed that different FAMEs injected at the same concentration were represented by completely different peak areas in the GC–MS (Figure 3A), rendering quantification impossible when assuming that the FAMEs at the same concentration have identical peak areas (MS linear model adjusted R2 = 0.79, F1, 271 = 1,036, p < 0.0001; MS CV: 0.663). GC–MS should thus only be used to quantify FAMEs when standard curves for individual FAMEs are used. Although we also observed slight differences between peak areas of FAMEs at the same concentration in GC–FID (Figure 3B), the variation was smaller (FID linear model adjusted R2 = 0.82, F1, 264 = 1,203, p < 0.0001; FID CV: 0.427). For example, when comparing the minimum and maximum peak areas obtained with GC-FID (considering all FAMEs at 5%) the compound with the smallest peak area (tretracosanoic acid methyl ester, area = 3,333,767) had half the area of the compound with the largest area (tetradecanoic acid methyl ester, area = 7,655,164). Hence, assuming equal peak areas for all FAMEs at the same concentration and using only one internal standard for FAME quantification may lead to an under or overestimation of certain compounds by up to a factor of two. When examining the maximum and minimum peak areas obtained using GC–MS (all FAMEs at 5%) the compound with the smallest peak area (octanoic acid methyl ester, area = 96,746,730) had only a third of the area of the compound with the largest area (9-octadecenoic acid methyl ester area = 302,655,200), which further increases the potential for under/overestimation.



Analysis of plastic products used for nutrient analyses to test for the occurrence of FAs

We found FAs in different plastic materials, i.e., lids of screw thread bottles, new Eppendorf tubes, and new micropipette tips (Supplementary Figures S1A–C, e.g., Supplementary Table S2). Whether and how many FAs were extracted depended on the contact times of plastics with the solvents. For example, chloroform briefly transferred with a micropipette tip did not substantially differ from a chloroform extract using only glass (Supplementary Figures S2A,B). However, when the micropipette was extracted for 24 h, many FAs were found (Supplementary Figure S1C). Plastic contains generally fewer FAs than pollen, however, which fatty acids are present seems to depend on the product (Supplementary Table S2). Although plastic has some FAs that are not present in pollen (e.g., methylundecanoic and nonadecanoic acid) (Supplementary Figures S1A,C), some plastic FAs overlap with pollen FAs (compare Supplementary Figure S1 and Figure 4B, and Supplementary Tables S2, S5).
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FIGURE 4
 Chromatograms of (A) a blank run using our method and adding nonadecanoic acid as internal standard (no pollen), and (B) a pollen sample of Sambucus nigra after extraction. Both extracts were resuspended with 10 μL TMSH and 150 μL dichloromethane. The chromatograms show some of the FAs found in each extract. Note the higher diversity of FAs in pollen samples but also the overlap of some with the FAs present in the blank. The chromatograms were obtained using gas chromatography–mass spectrometry.


It is important to note that FAs in plastic and solvents, as seen in the blank run (Figure 4A), are ubiquitous and difficult to avoid. Even when avoiding plastic as much as possible, we found hexadecanoic and octadecanoic acid in blank runs (6,304 ng and 4,353 ng respectively) likely because FAs are present in solvents and TMSH. Based on these results, we suggest some common steps that should be implemented to improve pollen FA analysis. Including these steps, we developed a protocol (based on the protocols from Glew et al., 1997; Brückner et al., 2017; Lau et al., 2022; Peters et al., 2022) for the extraction, identification, quantification, and comparison of FAs in pollen, and for the determination of the total FA content of pollen by summing the amounts of all FAs. We also provide suggestions for further improving the proposed protocol (see Supplementary material “Methods used to develop a common protocol and suggestions for its improvement” for details).



Suggested protocol for extracting and quantifying total FA content in pollen and case of study

The adapted protocol was employed to extract, identify, and quantify fatty acids (FAs) from the pollen of two plant species (Supplementary Table S5): Sambucus nigra (Adoxaceae) and Acer negundo (Sapindaceae). We tested this protocol by conducting three repetitions of FA extraction from the pollen samples. Pollen samples were freeze-dried for 24 h to preserve their nutritional properties (Conte et al., 2017) and weighed subsequently, yielding weights between 0.5 mg to 0.9 mg (Supplementary Table S3). We used the above-mentioned GC–MS (for FAME identification) and GC-FID (for FAME quantification) programs and an autosampler for sample injection in the GC–MS and GC-FID. Pollen FAs were identified based on their mass spectra, retention times, and retention indices and by comparing their spectra to respective compounds of the FAME standard (FAME mix C8-C24, Supplementary Table S1), and to compounds in the NIST 17 library. Retention indices of FAs were obtained for both MS and FID runs to determine the corresponding peaks of the FAME in the FID output. Some substances related to FAs, such as dicarboxylic acids (containing two carboxyl groups (―COOH)), FA ethyl esters, and hydroxy FAs (with a hydroxyl group ―OH) were found during FA analysis (Supplementary Table S5), but only compounds that conformed to the definition of FAs, i.e., a “chain of carbon atoms with hydrogen atoms along the chain and a carboxyl group (―COOH) at one end of the chain” were included in the analyses, which includes methyl-branched FAs. Technical replicates were obtained by running all the samples two more times using MS (for FAME identification) and FID (for FAME quantification). The results showed no significant differences between these technical replicates (Supplementary material “Technical repeats,” Supplementary Figure S7).

The total fat content of both species was compared using a t-test. FA profiles were analyzed by grouping them into one of five different fatty acid groups (saturated, monounsaturated, diunsaturated, triunsaturated, and unknown) with a linear mixed effect model (LMM). In this model, we tested for differences between samples in the amount of FAs per FA group (using FA groups as random factor). We also performed pairwise comparisons between samples [by computing contrasts of estimated marginal means; adjustment method: Holm; emmeans package (Lenth, 2018)]. Total FA content differed significantly between the two plant species (t = 5.1, p = 0.021, Figure 5), and samples differed in their fatty acid profiles between the two plant species (F5, 20 = 6.4, p = 0.001, Figure 6), while there were no significant differences between samples of the same species (Supplementary Table S4). To determine which FAs separated the two plant species’ profiles visually, a volcano plot was produced (MetaboAnalyst platform 5.0)1 (Supplementary Figure S6).
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FIGURE 5
 Total fat content of Acer negundo (N = 3) and Sambucus nigra (N = 3) pollen. Fatty acids were extracted with the protocol proposed in this manuscript. Intraspecific variation between samples was present but much lower than interspecific variation, which was significantly different.


[image: Figure 6]

FIGURE 6
 Proportions of five different fatty acid types (monounsaturated, diunsaturated, triunsaturated, saturated, or unknown) in each sample of Acer negundo (N = 3) and Sambucus nigra (N = 3). While there was some intraspecific variation, it was never significant, while most of the samples differed significantly between the two species (except for Acer negundo samples b and c with Sambucus nigra sample a, and sample c of Acer negundo with all samples from Sambucus nigra). Note, however, that interspecific variances can be much bigger for single fatty acids, than for grouped fatty acid types.




Suggested steps for improving pollen FA analysis pollen using GC–MS and GC-FID




• Check the saturation and detection limit of the GC–MS and GC-FID used for the analysis (see “Selection of a detector and detection limit for FA quantification” as an example).

• Select a method with automatized steps for pollen homogenization and FA extraction. This method should be good enough to break the pollen grains and extract FAs from inside the grains without degrading them.

• Select an internal standard(s) that is(are) not present in pollen and add it (them) at the very beginning of the pollen extraction process.

• Before sample injection in the GC, convert FAs to FAMEs to avoid poor separation in GC and tailing peaks.

• When using one internal standard for quantification and therefore assuming that all FAs have similar peak areas in the chromatograms for the same concentrations, run samples in GC–MS only for FAME identification and in GC–FID for FAME quantification to reduce over−/underestimation of concentrations. MS and FID runs can either be done during the same run using a splitter (to divide the effluent from the GC column into the MS and FID detectors of the same GC) or be conducted separately in two subsequent runs on the same column type. In the case of using a splitter that does not automatically split in a 50–50% ratio (e.g., a simple column splitter), the concentration needs to be increased accordingly, as the MS will use most of the flow (due to the vacuum) and the FID concentration will be too low. Note that the GC-FID output does not give any information about the structure of the FA except the retention times and therefore peaks cannot be directly characterized. To identify which peak of the FID is a FAME, chromatograms of MS and FID need to be compared to determine which peaks correspond to each other. Peaks can be matched using retention indices of peaks in the MS and FID (see Supplementary material “Obtaining retention indices and retention times of the FAs”). Once you have MS and FID retention indices, identify respective peaks in GC–MS and GC-FID (retention indices are similar when using the same column), and integrate GC-FID peaks to obtain areas for quantification.

• Finally, as FAs are present in many labware materials, avoid as much as possible using plastic during the extraction process. Additionally, we strongly recommend running blank samples within all extraction steps conducted with pure solvents to determine the level of contamination from solvents and reaction agents.



Protocol

Before starting analyses, it is important to check the saturation and detection limit of each GC–MS and GC-FID. This will determine how much pollen and TMSH should be used.


Day 1




1. Transfer 0.5–1 mg of pollen (amounts may vary depending on the sensitivity of the GC–MS and GC-FID and the type of the pollen; note that 1 mg can easily reach the detection limit in sensitive detectors) to a clean glass vial.

2. Add 7–20 μL (amounts may vary depending on the sensitivity of the GC–MS and GC-FID if the sensitivity is low add 20 μL) of a 200 ng/μL chloroform solution of nonadecanoic acid (not found in pollen and other plant tissues) as standard to the vial with the pollen. In our study, we added 7 μL.

3. Add 0.1 mL of a mixture of chloroform and methanol (2:1) to the vial with pollen and standard.

4. Manually homogenize the pollen with a glass or ceramic mortar (until no more parts of the pollen are visible).

5. Add 0.4 mL of the mixture of chloroform and methanol (2:1) to the tube with the pollen and standard and continue homogenizing.

6. Transfer the sample extract to a new 4 mL glass vial. Wash the tube that contained the pollen with the chloroform-methanol solution (2:1) and transfer it to the glass vial until you reach a total of 3 mL (make sure to take all the extract from the homogenizer).

7. Close the vial using screw caps with polytetrafluoroethylene (PTFE) (to avoid direct contact of the sample with the plastic lid) and place it in a shaker at 250 rpm room temperature for 24 h (see Discussion and Supplementary material “Methods used to develop a common protocol and suggestions for its improvement” for comments regarding the homogenization and extraction steps).



Day 2




1. Let the sample sit until all pollen particles have sedimented. Transfer the supernatant into a small glass vial (without pollen particles), and let it evaporate with the help of a gentle stream of nitrogen or CO2 until it can be transferred into a 300 μL insert of a glass vial. Let the rest of the supernatant evaporate to dryness. After this step, you can freeze the samples until their analysis in the GC.

2. For analysis in the GC, all FAs need to be converted to methyl esters by adding 10–30 μL (amounts may vary depending on the FAs amount and desired concentration) of a 0.2 M or 0.25 M trimethylsulfonium hydroxide (TMSH) solution to the vial. Vortex the sample for 1 s. If the sample is too concentrated, add up to additional 150 μL of dichloromethane to dilute the sample (the amount of dichloromethane depends on how concentrated the sample is). Vortex the sample again for 1 s. In our study, we added 10 μL of TMSH and 150 μL of dichloromethane (see Supplementary material “Methods used to develop a common protocol and suggestions for its improvement” for further details about this step).
 3. Run in GC–MS and GC-FID (see programs above).
 4. Identify FAMEs based on their mass spectra obtained with the GC–MS, retention times, and retention indices, and by comparing spectra to respective compounds in the FAME standard libraries for reliable identification.
 5. Locate FAMEs in GC-FID output by comparing retention indices of the FAMEs in MS and FID (see “Suggested steps for improving pollen FA analysis pollen using GC–MS and GC-FID” and Supplementary material “Obtaining retention indices and retention times of the FAs” for details about this step) and integrate FAME’s GC-FID peaks to obtain areas for quantification.
 6. The area of the internal standard would be equivalent to the original standard amount. Assuming all FA at the same concentration will have the peak area, the area of the internal standard can be used to calculate the amounts of other FAs. Total FA content can be obtained by summing up all FAs.

7. Do blank sample runs without pollen to see how much FA contamination you will accumulate during the process. If necessary, this needs to be subtracted from sample profiles.

See Supplementary material “Methods used to develop a common protocol and suggestions for its improvement” for more details on how this protocol could be further improved.






Discussion

In this study, we have identified potential pitfalls in the extraction and quantification of FAs in plant pollen samples and have provided suggestions on how to avoid them. We also proposed a method to extract, quantify, and compare FAs from pollen that avoids these pitfalls and allows comparison of FA profiles between sample matrices that are as variable and diverse as plant pollen.

The GC detector’s saturation limit is a crucial consideration when quantifying FAs, as peak areas beyond this limit become unreliable. Thus, the saturation limit of each GC–MS and GC–FID must be determined before processing pollen samples, and dilutions and pollen amounts adjusted accordingly. Although GC–MS can identify different FAs, it is not reliable for quantification due to peak area variability for the same concentration of different FAs, except when standard curves are available to quantify each FA. In contrast, GC–FID has substantially smaller variation in peak areas for different FAs (using FID the peak with the largest peak had double the area of the smallest peak, but when using MS the largest peak had three times the area of the smallest peak).

The reproducability when using FID supports its reliability for FA quantification. Therefore, we recommend first processing the samples with MS as detector to identify the compounds and to calculate their retention index, and then processing the samples with FID as detector and identifying compounds using the indices. FA peaks obtained by FID can then be quantified by relating peak areas to an internal standard. Note, however, that, even with FID, the amount of some FAs will likely be under- or overestimated due to area variation. Additional internal standards or individual FA standard curves may be used to obtain a more precise quantification, or a mathematical correction could be applied. It is also important that the internal standard needs to be added to the sample immediately before the start of the extraction or when the pollen is covered with the solvent for the first time. Since the FAs are manipulated during the extraction process, adding the standard in a later stage of the protocol, would lead to the wrong quantification of FAs due to potential losses of the substances. In the proposed protocol, we used nonadecanoic acid as the internal standard as it is not found in plant tissues (Yu et al., 2016) and is commonly used in the literature (e.g., Glew et al., 1997; Brückner et al., 2017; Seddon et al., 2017).

Another potential pitfall that we have identified is the use of plastic materials during the extraction process. Our study revealed that many FAs are present in plastic, and thus, we strongly advise against using plastic in the extraction process. In cases where micropipette tips are utilized, they should be used only once and briefly to avoid the extraction of FAs. We also recommend running blank samples to determine the level of contamination from solvents and reaction agents during all extraction steps conducted with pure solvents.

However, our proposed protocol has several limitations that should be acknowledged. Firstly, it is time-consuming as it requires running samples in both GC–MS and GC-FID, and compounds need to be identified using two steps/programs. This necessitates expertise and experience in peak integration and identification. However, the use of retention indices and a standardized protocol for peak integration can be highly advantageous. Another limitation is that the proposed method may under- or overestimate the amount of FAs because we use only one internal standard, and we assume that all FAs exhibit the same peak area for the same concentration. We did not use more than one internal standard or calculate calibration curves for all FAMEs due to the high diversity and variation of fatty acids present in pollen (over 60), many of which cannot be commercially obtained. Moreover, natural variation between pollen samples, even of the same plant species, may be higher than the variation induced by using only one internal standard. Thus, we suggest that our approach would be most beneficial for comparative studies. Finally, we did not compare our proposed method with other existing protocols as we did not test other methods using the same pollen samples.

We would also like to emphasize the importance of proper pollen preparation and extraction. Recent studies by Wu et al. (2019) and Lau et al. (2022) have highlighted that FAs from inside the pollen may not be extracted if the homogenization is not done correctly or if the pollen grains are not sufficiently broken up, leading to erroneous results. However, over-homogenization might also destroy FAs (as shown for DNA by Swenson and Gemeinholzer, 2021). In our approach, we, therefore, used manual pollen grain homogenization and extraction for 24 h. We were able to extract a comparatively high diversity of FAs from pollen, i.e., up to 65 (Supplementary Table S5), while other studies have reported only seven (Lau et al., 2022) or ten (Markowicz Bastos et al., 2004) FAs. Future studies could develop an automated pollen homogenization protocol, which is faster than manual homogenization.

In addition to FAs, we also detected substances with carboxylic groups that do not meet the strict definition of FAs (e.g., dicarboxylic acids, FA ethyl esters, and hydroxy fatty acids). Little is known about their nutritional properties for pollinators, although dicarboxylic acids have been shown to be produced during FA oxidation (Verkade, 1938; Miura, 2013) and have been found in the urine of mammals fed with triglycerides (Verkade, 1938). Traces of dicarboxylic acids have been found in the content of Dufour’s gland in the genus Colletes and the royal jelly of honey bees (Çelik et al., 2022). FA ethyl esters have been reported in nectar and floral volatiles (i.e., in Dactylanthus taylorii and Passiflora mucronata, respectively) (Ecroyd et al., 1995; della Cuna et al., 2018). One of these esters (ethyl oleate) has been shown to act as an inhibitory factor and delay aging in honey bees (Leoncini et al., 2004). Hydroxy FAs have been detected in the honey bee queen mandibular pheromone (Wu et al., 2017), the oil of some seeds (e.g., Chen et al., 2011, 2017), and the royal jelly of honey bees (Weaver and Law, 1960). However, to the best of our knowledge, none of these substance classes have been studied for their nutritional role in pollinators and they have not been previously reported in pollen (e.g., Manning, 2001; Estevinho et al., 2012). Future studies are needed to investigate the potential (nutritional) role of these substances for insects.

FAs in pollen occur in the form of diglycerides, triglycerides, or as free FAs (Idiem’ Opute, 1978; Dobson, 1988; Conte et al., 2017; Li et al., 2017). The conversion of diglycerides and triglycerides into their individual FAMEs is required for GC analysis. Thus, the proposed method can identify all FAs in pollen, but not the original molecule state (e.g., free fatty acids, di- or triglycerides). Some protocols for separating the different FA types have been proposed in food and human science (e.g., Bareth et al., 2003; Firl et al., 2013) but to our knowledge no such method exists for pollen analysis using common GC columns and temperature programs [for example, Bareth et al., 2003 used an FID temperature of 360°C]. Separating different fractions would be informative, improving our understanding of the nutritional role of glycerides and free FAs. This would be useful in assessing pollen quality during foraging (Dobson, 1988; Ruedenauer et al., 2020a, 2021). We hope that future research will develop novel methods for pollen analysis that do not require methylation or come up with a protocol for glyceride fractionation. Finally, we emphasize the importance of interdisciplinary and interlaboratory collaborations to establish a common method of FA identification and quantification in pollen for comparative studies in ecology.
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