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Plant roots are major transmitters of atmospheric carbon into soil. The rhizosphere, the soil volume around living roots influenced by root activities, represents hotspots for organic carbon (OC) inputs, microbial activity, and carbon turnover. Rhizosphere processes remain poorly understood and the observation of key mechanisms for carbon transfer and protection in intact rhizosphere microenvironments are challenging. We deciphered the fate of photosynthesis-derived OC in intact wheat rhizosphere, combining stable isotope labeling at field scale with high-resolution 3D-imaging. We used nano-scale secondary ion mass spectrometry and focus ion beam-scanning electron microscopy to generate insights into rhizosphere processes at nanometer scale. In immature wheat roots, the carbon circulated through the apoplastic pathway, via cell walls, from the stele to the cortex. The carbon was transferred to substantial microbial communuties, mainly represented by bacteria surrounding peripheral root cells. Iron oxides formed bridges between roots and bigger mineral particles, such as quartz, and surrounded bacteria in microaggregates close to the root surface. Some microaggregates were also intimately associated with the fungal hyphae surface. Based on these results, we propose a conceptual model depicting the fate of carbon at biogeochemical interfaces in the rhizosphere, at the forefront of growing roots. We observed complex interplays between vectors (roots, fungi, bacteria), transferring plant-derived OC into root-free soil and stabilizing agents (iron oxides, root and microorganism products), potentially protecting plant-derived OC within microaggregates in the rhizosphere.
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INTRODUCTION

Soils harbor a huge fraction of the global terrestrial carbon (C) pool. While belowground C transfer by plants represents a major pathway of atmospheric C into the soil, soils also represent a major source of atmospheric C. Understanding the complex interactions that govern C storage in and release from soils is a major challenge to develop strategies to mitigate climate change (Lal, 2004).

Soils are composed of a wide diversity of organic and mineral compounds, forming a complex mosaic of microenvironments (Ranjard and Richaume, 2001). The volume of soil directly affected by living roots, i.e., the rhizosphere, represents an important hotspot for microbial activity, organic carbon (OC) inputs, and C turnover in soils (Hinsinger et al., 2009; Philippot et al., 2013; Finzi et al., 2015). Root products (mucilage, exudates, cell fragments) and dead roots, represent a major source of OC in soils (Rasse et al., 2005; Bardgett et al., 2014). Around 30% of the photosynthetically fixed C is transferred below ground, but this proportion can vary widely depending on environmental conditions, plant species, and the plant growing stage (Kuzyakov and Domanski, 2000). While half of the C transferred below ground is allocated to the root biomass, around one-third is respired in the rhizosphere (Jones et al., 2009), in equal proportions by roots and microorganisms (Kuzyakov and Larionova, 2005). Finally, more than 10% of the C transported below ground is allocated to soil microorganisms and soil organic matter (Jones et al., 2009; Kaiser et al., 2015). Alive or dead, microorganisms inhabiting the rhizosphere represent a major sink for plant-derived C and foster the development of soil microstructures (Liang and Balser, 2011; Kallenbach et al., 2016; Lehmann et al., 2017). These microorganisms include arbuscular mycorrhizal (AM) fungi, soil fungi that form symbiotic associations with the majority of land plants, including wheat (Van der Heijden et al., 1998; Dickie et al., 2013). These fungi can receive up to 20% of a plant's photosynthetic C intake in return for delivery of nutrients to the plant (Jakobsen and Rosendahl, 1990). Specific surface binding properties of organic soil components (roots, plant-derived compounds, and microorganisms) together with adsorption capacities of soil minerals are drivers of the formation of complex organo-mineral assemblages as microaggregates (Baldock and Skjemstad, 2000; Bronick and Lal, 2005). The association of OC in complex microaggregate structures stabilizes C against degradation and reduces its turnover in soil, hence representing a pathway of C sequestration (Kögel-Knabner and Amelung, 2014). Rhizosphere processes have a determinant impact on the global soil C pool that is still not fully understood (Schmidt et al., 2011; Pett-Ridge and Firestone, 2017). Enhancing rhizosphere processes, such as C transfer from roots to microorganisms and soil, can increase soil C storage (White et al., 2013; Lange et al., 2015), one of the challenges of the Twenty-firstt century to mitigate climate change (Lal, 2004; Lehmann, 2007).

The complexity of biogeochemical processes occurring in the rhizosphere requires observations at process-relevant scales, i.e., at the interface of root cells, microorganisms, and soil (Hallett et al., 2013; Oburger and Schmidt, 2016). The microscopic observation of intact soil structures as embedded thin sections has been applied since the 1930s (Kubiena, 1938; Alexander and Jackson, 1954) and has enabled the observation of the rhizosphere at the scale of organism interactions (Martin and Foster, 1985). Despite the descriptive quality of such imaging approaches, the absence of techniques to trace specific elements and isotopes hampered the direct in situ study of C allocation at biogeochemical interfaces in the rhizosphere. Since then, strong efforts have been made to observe undisturbed soil-root-microorganism assemblages at the microscale under controlled laboratory conditions, in some cases using 13C and 15N tracers (Nunan et al., 2001; Li et al., 2003; Castorena et al., 2016; Vidal et al., 2016). In the present study, we collected undisturbed rhizosphere samples in an agricultural field and considered in situ interactions of plants, microorganisms, and soil mineral particles at the microscale.

We qualitatively explored the pathway of photosynthetically fixed C from roots to microorganisms and soil, as well as how roots determine the structural and compositional 3D architecture of the rhizosphere at nanometer resolution. To meet this objective, we combined 2D elemental and isotopic information (nano-scale secondary ion mass spectrometry-NanoSIMS) with 3D structural information (Focused ion beam-scanning electron microscopy-FIB-SEM) highlighting biogeochemical interfaces and processes in the rhizosphere. We expected the highest enrichment in the close vicinity of roots, as well as a transfer of plant-derived C to microorganisms surrounding roots and forming intimate associations with minerals.

MATERIALS AND METHODS

In Situ 13C-Labeling and Sampling

Samples were collected in 2015 on winter wheat (Triticum aestivum, var. Wiwa) plots of the Swiss long-term field trial “DOK” (Therwil, CH) (Mayer et al., 2015). Two microplots (stainless steel tubes, 0.35 m diameter, 0.55 m length) were inserted into the soil to 0.5 m depth to segregate wheat sub-populations (approximately 50 plants in two rows) from surrounding field populations below ground. The first microplot corresponded to a full-fertilized bio-organic management system (i.e., in compliance with the subsidiary scheme “Bio Suisse”). The second microplot corresponded to a full-fertilized conventional management system (i.e., in compliance with the subsidiary scheme “Proof of Ecological Performance”). The wheat was fertilized according to Swiss standards for the respective managements (Flisch et al., 2009). The present study did not aim at comparing organic and conventional treatments but at depicting rhizosphere processes through qualitative microscale observations. Thus, the samples collected from these two microplots were not separated by treatments for NanoSIMS analyses. In order to keep labeled plants as undisturbed as possible, the use of multiple-pulse labeling was chosen instead of a more invasive method (Kuzyakov and Domanski, 2000). From advanced tillering to maturity (beginning of April to end of June according to Zadoks et al., 1974), the headspace over each microplot was enclosed with a gas-tight Plexiglas® hood once per week and plants were exposed to 99 atom-% 13C-CO2 (Figure 1). Before the labeling campaign, the necessary amount of label, the number of pulse events during the vegetation period, and the duration of each pulse event were calculated. For this purpose, three parameters were considered: the strength of the label (99%), the daily assimilation rate of wheat, and the targeted bulk soil enrichment. The gas was injected in repeated pulses during 4 h between late morning and early afternoon while the CO2 concentration was regularly tracked using a portable LI-COR (LI820, re-calibrated for 13C-sensitivity) and allowed to fluctuate between 150 and 800 ppm. Closed ventilation by PC fans and cooling with 4 kg ice packs ensured similar climatic conditions inside and outside the labeling hoods. The microplot plants received approximately 9.5 g 13C over the entire labeling period. Considering the qualitative microscale approach of the present study, we did not include a bare fallow control to account for the autotrophic CO2 fixation. Indeed, we focused on rhizosphere processes and assumed autotrophic microorganisms to be negligible compared to heterotrophic ones (Kuzyakov and Larionova, 2005). For minimal destruction of microplots by the root and soil sampling before plant maturity, one root-ingrowth cylinder (PVC tubes, 30 mm diameter, 200 mm length) was inserted into the topsoil of each microplot (cylinder 1 and 2, for the organic and conventional treatments, respectively). Cylinders had an ingrowth window of 150*30 mm on one side and were covered with a 1 mm mesh on openings. Sieved and homogenized topsoil was filled into the cylinders and re-compacted to a density of 1.3 g.cm−3, which was estimated from the cylinder volume and the fresh soil mass. At the beginning of the labeling period, one hole per microplot was drilled in 20–30 mm distance from the wheat rows by means of a gouge auger (30 mm diameter; Eijkelkamp, Netherlands). The two ingrowth cylinders were gently pushed inside the holes so that the bottom and side walls were in close contact with the surrounding soil and the ingrowth windows faced wheat rows. Only new wheat roots that grew after the beginning of the labeling period could thereby enter ingrowth cylinders. Plants were labeled 10 times with the last labeling being conducted 3 days before sampling. At anthesis (Zadoks' scale 69; Zadoks et al., 1974, mid-June), the cylinders were removed from the soil, transported to the laboratory, and immediately processed or deep-frozen for further analyses.
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FIGURE 1. Simplified representation of the experimental design applied to obtain undisturbed rhizosphere samples for NanoSIMS and FIB-SEM analyses. The cylinder represents a microplot. Numbers indicate the sequence of steps to obtain samples.



Sample Processing

The two ingrowth cylinders were opened at the top and bottom and the complete soil core within the cylinder was removed. Soil was carefully broken by hand into several pieces. Larger soil aggregates including root fragments (approximately 1 cm−3) were sampled. Two samples from each cylinder, i.e., four samples in total, were chemically fixed using Karnovsky fixative (Morris, 1965) and dehydrated in graded acetone series and embedded in araldite resin (Araldite 502) until complete polymerization, according to the method described by Mueller et al. (2012). Samples were cut and polished to obtain intact rhizosphere cross sections. In order to analyze the fine soil fraction containing microaggregates and fungal hyphae, a fungal hypha was extracted from cylinder 1, which showed a higher percentage of hyphal root colonization (Table 1). This sample was prepared on a silica wafer according to Mueller et al. (2012). Briefly, 1 mg of dried soil from the chemically fixed and dried rhizosphere was dispersed in 10 mL of analytical water ACS. A 100 μL drop was deposited on a silica wafer and dried overnight.


Table 1. General characteristics of soil and colonization with arbuscular mycorrhizal fungi of roots extracted from the two cylinders, considered as replicated in the present study and used for the NanoSIMS and FIB-SEM analyses.
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The remaining soil from cylinders was separated from roots and other organic materials by 0.5 mm wet-sieving, oven-dried at 80°C and analyzed for total C and 13C abundance using an elemental analyzer coupled with an isotope ratio mass spectrometer (EA 1110; Carlo Erba; coupled with Delta S; Thermo Finnigan). The root colonization by AM fungi was assessed by microscopy using a modified line-intersection method for 100 intersections after clearing and staining with an ink-vinegar mixture as described by Wagg et al. (2011). The general characteristics of the soil are presented in Table 1 for the two cylinders, as well as the percentage of root length colonized by AM fungal hyphae, vesicles, and arbuscles.

NanoSIMS Analyses

We analyzed intact rhizosphere sections (four transversal and longitudinal sections) and a rhizosphere derived fungal hypha with NanoSIMS. At first, the scanning electron microscope (SEM in backscatter mode; JEOL JSM 5900LV, Garching, Germany) was used to identify areas for subsequent NanoSIMS analyses. Areas of interest corresponded to intact rhizosphere area containing root cells, microorganisms, and soil minerals/microaggregates. The sample surface was sputtered by a Cs+ beam to obtain 30 × 30 μm2 images (acquired using a NanoSIMS 50L Cameca, Germany) at 256 × 256 pixels. Secondary ion images of 12C, 13C, 16O, 12C14N, and 56Fe16O were obtained and 20 planes were accumulated for each final image, with a dwell time of 1 ms.pixel−1. Measurements on the sample dispersed on the silica wafer were realized in the same manner, recording 22 planes. Higher resolution images were obtained acquiring 40 × 40 μm2 images at 512 × 512 pixels for 12C, 13C, 12C14N, and 16O secondary ions. Measurements were processed using the ImageJ software (Abràmoff et al., 2004). OpenMIMS and MosaicJ plugins (Thévenaz and Unser, 2007) were used to display images and create mosaics, respectively. For RGB mosaic images, images were first uploaded individually, composite RGB images were created (56Fe16O in red, 12C14N in green, 16O in blue) and adjusted to remove the resin contribution using the color adjustment. Images were then uploaded in the MosaicJ plugin for mosaic creation. Mosaics including 3–32 NanoSIMS measurements were created. The 13C:12C ratio images were generated to follow the distribution of 13C enrichment. The enrichment was estimated by comparing 13C:12C ratio values to the approximate soil natural abundance (0.011). For 13C:12C ratio mosaic images, images were first uploaded individually to obtain the 13C:12C ratio distribution and uploaded in the MosaicJ plugin for the mosaic creation. The interactive regions of interest (ROIs) definition tool of Look@NanoSIMS program (Polerecky et al., 2012) was used to draw ROIs on selected 12C14N images, in order to obtain their isotopic composition. ROIs were drawn either by using the threshold function according to 12C14N counts (microbes and hyphae), the freehand drawing option (plant cell walls) or by drawing ellipses (resin spots). The resin, which presented a 13C:12C ratio equal to the soil natural abundance was considered as natural background.

FIB-SEM Analyses

FIB-SEM imaging was performed using a Zeiss Crossbeam 550 L microscope with a primary beam operated at a landing energy of 1.8 keV. Backscattered electrons were recorded at an energy-selective backscattered electron detector with the grid voltage set to 1,000 V. The Carl Zeiss ATLAS 5 package was used for the identification of the adequate sample position by precise spatial correlation of sample stage coordinates to the previously acquired NanoSIMS analysis, and for the control of the FIB-SEM acquisition. Images were collected at 15 μs dwell time, at 10 nm pixel resolution, and at slice intervals of 10 nm. EDS maps were collected at 40 nm pixel resolution at a Z interval of 160 nm.

For the FIB sample preparation, first a 1.5 μm thick protective platinum layer was deposited on the surface of the sample's volume of interest using a 3 nA FIB beam current. The characteristic ATLAS 3D tracking marks, which are used to dynamically correct for drifts of the sample with respect to the SEM beam in x- and y-directions, and for drifts of the sample with respect to the FIB milling in z-direction, were milled into this platinum layer with a 50 pA FIB beam, filled in with a layer of C (100 pA FIB beam current) and then covered with a 1 μm thick C pad (3 nA FIB beam current). The cross-section in front of the volume of interest was opened using a 30 nA FIB beam current and then polished using a 7 nA FIB beam current.

During the collection of the imaging dataset, the FIB (3 nA beam current) and the SEM (1.8 kV, 1.0 nA) were operated simultaneously. FIB-SEM imaging was paused and the SEM ramped to analytical conditions (6 kV, 2 nA) at z intervals of 160 nm for the acquisition of EDS maps.

The 3D data set was created from the datasets using ORS Dragonfly software. Images were not aligned after the acquisition because the quality of the alignment achieved during the acquisition of the dataset was considered sufficient. The direction of image acquisition for both the FIB-SEM dataset and EDS maps is perpendicular to that for the NanoSIMS analysis and 2D surface imaging. To highlight the volumes of interest without additional segmentation steps, window levels of the images were adjusted and saturated black values made transparent in the volume view.

Statistical Analyses

The R software, version × 64 3.3.2 (R Core Team, 2017), was used for boxplot representations of ROI 13C:12C ratio values of NanoSIMS images and statistical analyses. The application of Shapiro–Wilk test revealed that data were not normally distributed. Thus, the non-parametric Kruskal–Wallis test was performed, followed by multiple pairwise comparisons with Dunn test. Statistical significance was set as α = 0.05 for all tests.

RESULTS

Arrangement of Organic and Mineral Structures in Roots and Rhizosphere

We analyzed an immature wheat root close to the root tip (Figures 2, 3, and Supplementary Figure 1) as this is the location of highest activity in terms of mucilage production and effects on soil structure due to pressure of the growing roots. The root tip has a stele diameter of less than 100 μm and no identifiable phloem and xylem cells. The cortex cells, located at the periphery of the root and in direct contact with the soil particles, present a marked deformation (Figure 2). This phenomenon is also observed on a longitudinal section of another root (Supplementary Figure 2).
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FIGURE 2. Organo-mineral associations surrounding the root cells. Mosaic of NanoSIMS composite images of the area indicated in Supplementary Figure 1A; with 12C14N in green, 16O in blue, 56Fe16O in red. The mosaic was built up from 32 NanoSIMS measurements (one image −30 × 30 μm, 256 × 256 pixels, 20 planes, 1 ms.pixel−1). (A–C) Illustrate the intimate association between large mineral particles (>10 μm) (i.e., q, quartz grain); io, iron oxides; cw, plant cell walls; mb, microorganisms; and oc, organic coating. The black area represents the resin. White squares correspond to the areas used to obtain the boxplot in Figure 8.
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FIGURE 3. From stele to cortex and rhizosphere–carbon transfer and organo-mineral associations. (A) Mosaic of NanoSIMS composite images of the area indicated in Supplementary Figure 1B; with 12C14N in green and 16O in blue; aom, amorphous organic matter; cw, plant cell walls; mb, microorganisms; mi, mineral particle. The mosaic was created from 3 NanoSIMS images (one image- 40 × 40 μm, 512 × 512 pixels, 20 planes, 1 ms.pixel−1); (B) The 13C:12C ratio of the same area presented in (A).



Organic structures surrounding the root (Figures 2, 3A) are mainly represented by unicellular microorganisms (bacteria or archaea) and particulate organic matter (POM). We were able to detect the round shape of microorganisms with an approximate diameter of 1 μm and high nitrogen content reflected by the 12C14N clearly indicating its microbial origin (Figure 3A). The microorganisms are mainly concentrated at the close surrounding of peripheral root cells and/or in direct contact with root cell walls (Figures 3A, 4D). From some micrometer distance to the rhizoplane, microorganisms, as well as laces of N rich POM, are identified in soil microaggregates (Figures 2, 5B). These microorganisms appear as separated cells (Figure 2) or forming microbial cell assemblages (Figure 5B) at the surrounding of roots or within soil aggregates. By using FIB-SEM we were able to demonstrate the direct association of microbial cells with clay sized soil minerals forming microaggregate precursors directly at the rhizoplane (Figure 4C). Microbial cells forming the microbial assemblage are directly bound to the root cell surface on one side and enclosed within a dense layer of mineral soil constituents.
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FIGURE 4. Structural assembly of the intact rhizosphere at a subcellular resolution- FIB-SEM (area indicated in Supplementary Figure 1C). (A) Volume visualization of the FIB-SEM dataset representing the interaction between mineral particles and a root cell; (B) Virtual perpendicular slice through the FIB-SEM 3D dataset. Letters indicate the position of the selected images; (C) Microaggregate at the root periphery; (D) Intimate organo-mineral associations; (E) Larger mineral particles at the root periphery; cw, cell wall; i, inner cell organic structure; lm, laminar microaggregate; mi, mineral particle; ma, microbial cell assemblage; mb, microorganisms; p, pore; pl, platinum layer; q, quartz grain; s, space between the root cell wall and mineral particles; w, weathering of quartz grain. The overlay of EDS images corresponding to (C–E) images are presented in Supplementary Figure 3.
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FIGURE 5. Organo-mineral aggregates surrounding a 13C enriched root cell. (A) SEM image of a root surrounded by microaggregates. This image was used to identify areas for subsequent NanoSIMS analyses represented in (B,C) images; (B) NanoSIMS composite image (40 × 40 μm, 512 × 512 pixels, 20 planes, 1 ms.pixel−1); with 12C14N in green and 16O in blue; POM, particulate organic matter; ma, microbial cell assemblage. (C) The 13C:12C ratio of the same area presented in (B).



We also extracted a fungal hypha from the rhizosphere soil to study the direct effect of fungi on microaggregate assemblages in the rhizosphere (Figure 6). Microaggregates (high 16O and 56Fe16O signals) are directly attached to the hyphal surface.
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FIGURE 6. Suspension of soil particles associated with the fungal hypha. The suspension was deposited on a silica wafer, observed with scanning electron microscopy (A) and NanoSIMS (B,C); (B) Mosaic of NanoSIMS composite images; with 12C14N in green, 16O in blue, 56Fe16O in red; The mosaic was created from 4 images (one image- 30 × 30 μm, 256 × 256 pixels, 22 planes, 1 ms.pixel−1); (C) The 13C:12C ratio of the same area; the brown square indicates a 13C enriched spot on the fungal hyphae. (D) The 13C:12C ratio for the fungal hypha–Regions of interest (ROIs) was obtained on 12C14N images, either by using the thresholding function (fungal hypha) or drawing ellipses (natural background); n indicates the number of ROIs drawn. The letters above boxes represent statistical results of Dunn test. The red arrow indicates the 13C:12C ratio corresponding to natural abundance. The brown square corresponds to the structure highlighted in (C). Boxplots represent the third quartile, the median, the first quartile range of the data, and data outliers.



Inorganic structures are represented both by larger mineral particles (>5 μm), with high 16O content (Figures 2A–C, 4E, and Supplementary Figure 3C), assignable to quartz grains and iron oxides, with high 56Fe16O content (Figure 2). Clay sized minerals are oriented tangentially along the rhizoplane (Figures 4A,D). Some quartz grains are connected to root cells via iron oxides (Figures 2A, 4E). Quartz grains located at the periphery of root cells and close to microbes are frequently surrounded by an organic coating (Figures 2A–C). Amorphous organic matter, reflected by its 12C14N content (Figure 3), was also identified close to root cells and surrounding mineral particles.

Carbon Transfer at the Root-Rhizosphere Vicinity

Root cell walls are highly enriched in 13C (Figures 3B, 7A–C, 8), with a mean 13C:12C ratio of 0.024 (SD = 0.004). Within the same section, the13C:12C ratio measured in root cell walls varies from 0.018 to 0.032 (Figure 8). The enrichment is not homogeneously distributed in the root, as other areas presented a lower 13C:12C ratio, varying between 0.015 and 0.020 (Supplementary Figure 2).
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FIGURE 7. Carbon transfers occurring in the rhizosphere–NanoSIMS images of 13C:12C ratio of areas highlighted in Figure 2. The scale ranges from natural abundance (0.011; dark blue) to highly enriched (0.050; red). The mosaic was created from 32 NanoSIMS images. Three areas (indicated with white scares on the mosaic) are represented below the mosaic for closer observation; (A,B)- highlight the transfer of carbon from roots toward the microbial community, intimately associated with the cortex root cells; cw, plant cell walls; mb, microbes. (C) Underlines the enrichment of stele cells.
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FIGURE 8. The 13C:12C ratio distribution according to the type of organic matter. (A) 13C:12C values from areas indicated as white squares in Figure 2; (B) 13C:12C values from areas depicted in Figure 3A. Regions of interest (ROIs) were obtained on 12C14N images, either by using the thresholding function (mineral associated OM and bacteria cells), by drawing ellipses (natural background), or by freehand drawing (plant cell walls); n indicates the number of ROIs drawn. The letters above boxes represent statistical results of Dunn test. The red arrow indicates the 13C:12C ratio corresponding to natural abundance (0.011). Boxplots represent the third quartile, the median, the first quartile range of the data, and data outliers.



The mean 13C:12C ratio of microorganisms is highly variable (0.010-0.029). It is significantly higher than the natural background but lower than the 13C:12C ratio of plant cell walls, which is 0.016 (SD = 0.004) (Figures 3B, 7A,B, 8). The fungal hypha detected in the soil suspension is, on average, slightly 13C enriched (mean 13C:12C ratio: 0.012), with a significantly higher 13C:12C ratio compared with the natural background (Figure 6C). A highly labeled spot, potentially a hypha-associated microbe, is observed (13C:12C ratio: 0.024) (Figure 6D). The OC forming a coating around quartz grains is on average not 13C enriched (mean 13C:12C ratio: 0.011), with a slight enrichment in a distinct spot (13C:12C ratio: 0.015; Figure 8A).

DISCUSSION

The Apoplastic Pathway of Carbon at the Root Tip

Some root cell walls are highly enriched in 13C compared with other organic soil compartments (e.g., microorganisms; Figures 3B, 7, 8). This illustrates that in the immature root tip, the C transfer is achieved through cell walls, as previously shown at the lab scale by Kaiser et al. (2015). At the root tips, the absence of a Casparian strip enables the flow of recently fixed C (McCully and Canny, 1985) from the stele toward the cortex via the apoplastic pathway, i.e., along cell walls (Farrar et al., 2003; Jones et al., 2009; Kaiser et al., 2015). The C translocated to the rhizosphere by roots, e.g., root exudates, can be used as substrates by rhizosphere microbial communities (Bertin et al., 2003; Kuzyakov and Blagodatskaya, 2015). In the present study, we focused on root tips described as maximal exudate loss areas along the roots (Jones et al., 2009). It has to be noted that root elongation zones and root hairs are also important locations for root exudation (Rovira, 1973; Sauer et al., 2006).

Active Microbial Communities Close to Root Cells

Microbes surrounding or residing at the rhizoplane were highly enriched in photosynthate-derived 13C (Figures 3B, 7, 8), although lower than root cells. This observation supports our hypothesis that microorganisms surrounding roots incorporated plant-derived C. The lower 13C enrichment observed for microorganisms, compared with root cells reflects a parallel consumption of native soil OC (natural abundance 13C) by microorganisms in the rhizosphere (Kuzyakov and Blagodatskaya, 2015), resulting in the dilution of 13C in bacteria cells. During this process, plant cell walls, which are structural plant components, remained highly 13C enriched (Cotrufo et al., 2015; Vidal et al., 2016). Root-derived C taken up by soil microorganisms is either assimilated, released as metabolites, or respired (Six et al., 2006). Marx et al. (2007) showed in an incubation experiment with root exudates from labeled wheat and maize plants, that more than 50% of the retrieved exudate C was respired as CO2 by microorganisms. Thus, the lower 13C enrichment observed for microbes may also have resulted from the release of the plant-derived 13C in form of 13CO2 and /or other metabolic products.

The transfer of C to microorganisms is highly dependent on the position of microorganisms in relation to root cells, forming a gradient of foraging on rhizodeposition. As expected, 13C labeled microbes were located at a few micrometers from the root cells (Figures 3B, 7). More distant microbes did not present any enrichment (Figure 5), which is in accordance with previous work on microbial communities in the rhizosphere of beech trees (Esperschütz et al., 2009). It has been reported that microbes of the rhizosphere are generally located within a dozen micrometers of the root surface, directly at the rhizoplane or at its close surrounding (Watt et al., 2006a). This distance parameter is directly related to the time of diffusion of a solute from roots to microorganisms (e.g., glucose diffusivity in soil: around 20 μm2.s−1) (Watt et al., 2006b). This indicates that the closer microbes are to root cells, the higher their chance to receive C-containing substrates.

Fungal Hyphae in the Rhizosphere

The extracted hypha presented a significantly higher 13C:12C ratio compared with the natural background. This illustrates the role of fungal hyphae as vectors for plant-derived OC into the bulk soil. However, the 13C enrichment was lower compared with plant cell walls and bacteria cells, with the exception of a 13C enriched spot (Figure 6C). The lower 13C:12C ratio might result from the 13C dilution process, as described for bacteria cells. It has been shown that most of the plant C allocated to AM fungal hyphae is lost through respiration within 24 h (Johnson et al., 2002; De Deyn et al., 2011). Therefore, the fungal hypha might have been 13C enriched in the past and the 13C enriched signal was probably rapidly diluted by new, non-enriched C coming from the root (De Deyn et al., 2011). We assume that the highly enriched spot represents bacterial cells bound to the fungal hypha. Such strong association of bacterial cells to the hyphal surface was shown before (Artursson et al., 2006; Scheublin et al., 2010; Worrich et al., 2017). As the turnover rate of bacteria is generally considered to be higher compared to fungi (Rousk and Bååth, 2011), the bacteria or group of bacteria might have been transferred to the fungal hypha. It has been shown that bacteria are able to move on fungal hyphae thanks to the production of biofilms (Warmink et al., 2011), the so called “fungal highway.”

The key role of fungal activity in soils is demonstrated by the presence of numerous microaggregates intimately associated with the hyphal surface (Figure 6B). We highlight the direct effect of fungal hyphae on the soil microstructure formation, a process which is still poorly understood (Rillig and Mummey, 2006; Lehmann et al., 2017). Mycorrhizal fungi strongly influence soil structure formation through biological (enhancing microbial activity), physical (exerting pressure on the mineral particles), and biochemical (excretion of hyphal products) processes (Chenu, 1989; Rillig and Mummey, 2006; Lehmann et al., 2017). Thus, the mycorrhizal fungal hyphae extend the rhizosphere volume into the root-free bulk soil, acting as a vector for plant-derived OC and fostering soil structure development in root-free bulk soil.

Binding Agents at the Root Surface

The observation of NanoSIMS and FIB-SEM images confirmed our expectations of intimate interactions between mineral particles, microorganisms, and root cells. The deformation of cortex root cells (Figure 2) was associated with the tangential orientation of mineral particles along these cells (Figures 4A,D). This illustrated the physical compression of soil occurring around roots during the root growth (Foster and Rovira, 1976; Jones et al., 2004). While growing, microorganisms can also exert a pressure on mineral particles at their surroundings, which participate to mediate mineral orientation around microbial aggregates (Foster and Rovira, 1976), as observed in the present study (Figure 5C). Thus, the root and microbial growth enhance the intimate association of OC with minerals, probably leading to an increased sorption of OC to mineral surfaces. There is evidence of the association between exudates and soil particles forming a rhizosheath, an aggregated layer around the roots which remains physically stable (Ghezzehei and Albalasmeh, 2015). This process enhances the residence time of OC in the soil, which may contribute to OC sequestration (Rasse et al., 2005; Schmidt et al., 2011).

We assume that the amorphous 12C14N observed in between the mineral particles close to root cells (Figure 3) represents remnants of mucilage, a layer of highly bioavailable C surrounding root tips and acting as a binding agent for soil minerals at the root surface (Jones et al., 2009). This layer can also be seen in the FIB-SEM sections (Figure 4), highlighting microbial cells surrounded by a layer of presumably extracellular polymeric substances. Interestingly, most of the microbial cells were found within soil microaggregates, dominated by iron oxides (Figure 2). A counteracting process was proposed by Keiluweit et al. (2015) with a dissolution of iron (hydr)oxides and thus release and loss of mineral-associated OM due to the exudation of relatively high amounts of organic acids in artificial rhizospheres. In contrast, our data indicate the presence of iron (hydr)oxides, at natural exudate concentrations, under oxic soil conditions in the vicinity of roots. Oxidizing conditions in the rhizosphere can indeed contribute to the formation of an iron layer made of iron oxidation products, i.e., ferric hydroxide precipitates, at the root surface (Emerson et al., 1999; Kölbl et al., 2017). Ferrous ions, which represent the essential source for iron oxidation, were probably produced in anaerobic microsites created in the rhizosphere (Keiluweit et al., 2016). The large surface area and the high sorption capacity of iron (hydr)oxides, compared with larger particles such as quartz, facilitates the fixation and protection of microbes within microaggregates (Kögel-Knabner et al., 2008), thus creating a favorable environment for bacteria, which can be found in soil pores not bigger than 1 μm (Watt et al., 2006b), i.e., the typical size of a bacterium.

In the present study, iron oxides were identified as significant binding agents at the root-soil interface by (1) forming bridges between quartz grains and root cells (Figure 2A) and (2) being building constituents of organo-mineral microaggregates in the rhizosphere (Figure 2). The binding of organic matter to mineral surfaces, including oxides, has been reviewed in the literature (Kögel-Knabner et al., 2008) and more recently directly observed at the microscale (Xiao et al., 2015; Mueller et al., 2017). Iron oxides also represent an essential source of iron for plants and microorganisms in the rhizosphere. Specific mechanisms, such as acidification, reduction, and/or chelation increase iron dissolution and bioavailability in the rhizosphere (Robin et al., 2008). Thus, iron oxides were identified as key components of the rhizosphere, serving as binding agent as well as a potential source of iron for plants and microorganisms. Interestingly, quartz grains, normally described as minor agents for organo-mineral associations, showed patches of organic coatings at their surroundings (Figures 2A–C). Those patches had 13C:12C ratios close to natural abundance with a single spot slightly enriched in 13C (Figure 8). Thus, most of the mineral associated OC is represented by native OC rather than derived from the labeled wheat root. This observation supports the idea that most of the C released by the plant is directly transferred to the living microbial community without being directly sorbed to the mineral phase (Kaiser et al., 2015). This indicates a lag phase between the release of OC by rhizodeposition and the allocation of microbial-derived OC into organo-mineral associated OC in the rhizosphere.

We confirmed that photosynthesis-derived OC was transferred to microorganisms located in the direct root vicinity. As expected, microorganisms, together with soil particles, especially iron oxides, formed microaggregates close to the root surface. We are proposing a conceptual model depicting the fate of carbon at biogeochemical interfaces in the rhizosphere at the forefront of the growing root (Figure 9). There is a complex interplay between stabilizing agents which protect plant-derived OC in the rhizosphere, and vectors leading to a transfer of plant-derived OC into root-free soil. Vectors of carbon are represented by (1) roots, transferring the carbon through their cell walls, (2) fungi, extending the root exploration space, and (3) microorganisms, including bacteria, feeding on plant-derived C at the root surface and participating to form a favorable environment for carbon protection in soil microstructures. These microstructures arise from the intimate association of organic substances (e.g., bacteria and their exudates, rhizodeposits) and mineral particles (e.g., quartz grains, clay particles, iron (hydr)oxides). Iron (hydr)oxides located around roots have a tremendous role in the rhizosphere by closely associating with microorganisms enclosed within microaggregates and by forming bridges with larger mineral particles. Thus, iron oxides can be assumed to have a stabilizing effect on the soil structure in natural rhizospheres. These processes, favoring the transfer and the potential protection of carbon in soil microstructures, are magnified by the physical pressure exerted by roots, enhancing the close contact of soil minerals and soil organic compartments.


[image: image]

FIGURE 9. Conceptual model illustrating the complex interplay between vectors (roots, fungi, bacteria) leading to a transfer of plant-derived OC into root-free soil and stabilizing agents (iron oxides, root and microorganism products) which protect plant-derived OC in the rhizosphere.
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ROOT LENGTH COLONIZED BY ARBUSCULAR MYCORRHIZAL FUNGI
Hyphae (%) 63 30

Vesicles (%) 2

Arbuscles (%) 4 8
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