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Legacy phosphorus concentrations resulting from historic additions of phosphorus (P) to the landscape may impede rapid remediation of P pollution and achievement of water quality management goals. Herein, we hypothesized that the capacity of stream biofilms to assimilate new polyphosphate (polyP) will vary as a function of stream legacy phosphorus. To test this hypothesis, we deployed a series of in situ enrichment experiments at five sites of varying land cover in central Pennsylvania, United States. Incremental P-loading was delivered using vials fitted with porous lids, that contained agar enriched with six levels of P (as Dissolved inorganic phosphorus, dissolved inorganic P) loading with rates ranging from 0 to 1,540 µg PO4−3/day; these loading rates mimicked natural stream P loadings. Substrata were incubated at stream sites for a relatively short incubation period (12 days), to measure uptake rates; after which, biofilms growing on the lids were removed and their tissue content was analyzed for biomass (as chlorophyll) and various forms of particulate phosphorus. Polyphosphate (polyP) accumulated by stream biofilms at all sites closely tracked the release of dissolved inorganic P from experimental enrichment assays. Comparatively, biofilms accumulated relatively small amounts of Particulate inorganic phosphorus and other forms of organic P that we assume constitute a third group of P-rich biochemicals (e.g., DNA, RNA, lipids, proteins). Viewed at the watershed scale, land use appeared to affect P accumulation, where sites dominated by forest cover had a higher capacity for P storage, while sites dominated by agriculture did not; this underscores the importance of polyP storage as an indicator of legacy P pollution.
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1 INTRODUCTION
Alterations in watershed nutrient loadings have been linked to changes in the water quality of receiving waters in lakes, streams, rivers, and downstream coastal ecosystems (e.g., Carpenter et al., 1998). High loadings of nitrogen (N) and phosphorus (P) to headwater streams has caused these nutrients to be of primary interest, given that both nutrients play a role in regulating primary productivity in aquatic ecosystems throughout the United States, and in the Chesapeake Bay in particular (Correll 1998; Ator and Denver 2012). Watershed sources of N and P enrichment have had a ripple effect on entire landscape segments, where N and P introduced to headwater streams have been transported throughout portions of the watershed and have ultimately enriched coastal habitats (Alexander et al., 2007; Dodds and Oakes 2008). This has been the case in the Chesapeake Bay watershed, United States, where more than 100,000 tributaries feed the Susquehanna River that drains portions of New York, Pennsylvania, and Maryland to deliver the majority of N and P to the bay (Zhang et al., 2013).
Dissolved inorganic phosphorus (DIP), which refers to unbound phosphate (PO4−3) molecules, can be readily incorporated into microbial cells and stored as electron-dense, intracellular chains of two or more phosphate molecules known as polyphosphate (PolyP; e.g., Eixler et al., 2004; Martin et al., 2014). The storage of DIP as PolyP in stream biofilms can reflect current nutrient loading events in streams (Rier et al., 2014), and possibly more chronic or P enrichment that has occurred in the past (i.e., legacy P loading effect, see Carrick and Price 2011; Price and Carrick 2014). Legacy effects exist, because internal P storage ultimately competes with carbon uptake, so that luxury consumption of P can occur (Healey 1979; Lean and Pick 1981). In the initial stages of biofilm colonization when P loading is low, algal cells tend to store new pulses of P beyond their immediate needs as intracellular PolyP bodies (e.g., Sicko-Goad and Lazinsky 1986; Saia et al., 2017). In plants, PolyP serves as a precursor to enhanced photosynthesis (Lean and Pick 1981; Jacobson and Halmann 1982) and subsequent growth of new cells as well as DNA and RNA synthesis.
In this paper, we studied the relationship between instantaneous P loading and P accumulation by enriching natural stream biofilms with N and P administered using a previously described in situ enrichment system (ISES, Carrick and Price 2011). This technique allowed us to administer P release at several, realistic levels of P loading. We hypothesized that PolyP concentration in the tissues of resident biofilms can be assayed to determine the degree of legacy P loading in a stream, and the subsequent capacity of a stream to assimilate new P. We addressed three primary research questions. First, does P accumulation by natural biofilms vary predictably with incremental P loading as delivered by the ISES experiments? Second, what form of particulate P is derived from new DIP, and do the forms of accumulated P form vary as a function of P loading? Third, does biofilm P uptake vary along a natural P loading gradient within a watershed?
2 METHODS
2.1 Study Site and Stream Sampling
The study was conducted in streams located within the mid-Atlantic region (Appalachian Valley/Ridge ecoregion of Pennsylvania) in the United States (Carrick et al., 2009). Four sites studied here were located in the FD-36, a small headwater tributary to the Mahantango Creek Watershed, which has been maintained and monitored by the United States Department of Agriculture’s Agriculture Research Service (USDA-ARS) since 1968 (see USDA 2010 Figure 1). An additional single site was studied in the Aughwick Creek Watershed, which served as a control. Both watersheds share similar base geology underlain with a mix of sandstones and shale (see Geyer and Wilshusen 1982). The streams are fifth order tributaries when they discharge into the Susquehanna River, which is a tributary to the Chesapeake Bay along the Atlantic coastline of continental United States.
[image: Figure 1]FIGURE 1 | Three-panel figure showing the two study watersheds and five sampling locations. Panel (A) depicts the locations of Aughwick Creek and Mahantango Creek within the Chesapeake Bay watershed; Aughwick Creek is a tributary to the Juniata River, while Mahantango Creek is a tributary to the Susquehanna River. Panel (B) shows the land use distributions within Aughwick Creek and Mahantango Creek based on data from the 2016 National Land Cover Database (Homer et al., 2020). Also shown in Panel (B) is the location of the USGS stream gauge on Aughwick Creek near Shirleysburg, PA, which was one of the five study sites. Panel (C) provides a close-up view of the four sampling sites within the FD-36 watershed (0.4-km2 tributary of Mahantango Creek), as well as a close-up photo of one of the sites (Site two).
The FD-36 Watershed (40 ha in size; latitude 40° 40′ 20.787″, longitude -76° 39′ 56.487″, Figure 1) is composed of a mixture of agriculture (56%), forested woodlots (30%), and grasslands (14%); the watershed is located in east-central Pennsylvania (Sharpley et al., 1999; McDowell et al., 2001; Zhu et al., 2012). Several sites within this watershed have been monitored for nearly 25 years by the USDA-ARS (Buda et al., 2011; Church et al., 2011). At each station, discharge was continuously monitored (5-min intervals) and routine water quality measurements were taken during baseflow (weekly to monthly) and stormflow (flow-weighted composites during storms). Elevations ranged from 270 m at the most upstream site to 250 m at the most downstream site, and the total distance between the upper and lower sites was 400 m; distances between individual stations ranged from 100 to 150 m (Figure 1; Zhu et al., 2012).
Aughwick Creek Watershed (77,959 ha in size; latitude 40° 16′ 35.285″, longitude −77° 54′ 2.159″, Figure 1) is composed of mixed land cover (67% forest, 23% agriculture, and 7% developed) located in south-central Pennsylvania (see USGS 2016). Aughwick Creek served as a control site outside the experimental watershed. Our studies were conducted in a third order reach of Aughwick Creek; the stream is a tributary within the Juniata River Watershed, which is also a major tributary of the Susquehanna River (see Musser 2007). General stream water quality there has been monitored by the United States Geological Survey (USGS) for >30 years (since 1990).
From 30 July to 12 August 2014 (12-day period), we deployed a series of five in situ P enrichment experiments. In the FD-36 watershed, we deployed nutrient enrichment experiments at four dedicated stream gauging stations in the FD-36 watershed (see Gburek and Sharpley, 1998 and Gburek et al., 2000 for more information on these stations). In Aughwick Creek, a single nutrient enrichment experiment was deployed at the USGS gauging station near Shirleysburg, PA. These five experiments ran in simultaneously during the same incubation period.
2.2 Ambient Stream Conditions
The biogeochemical conditions in overlying stream water were evaluated from whole water samples that were collected at each of the four sites in FD-36 and the control location in Aughwick Creek (17, 23, and 30 July 2014). Water samples were collected at mid-depth in the center of each stream site and stored in 500 ml (unfixed) and 125 ml (fixed with H2SO4 to pH < 2) Nalgene bottles. Bottles were stored at 4°C for up to 28 days for total nitrogen (TN) and total phosphorus (TP) analysis. TN in the water column was determined using the Kjeldehl method where the N content of each sample was first reduced (digested with H2SO4 and HgSO4) to ammonia and then distilled and measured colorimetrically (USEPA 1997, 2002; Patton and Kryskalla 2003). TP in the water column was determined using the persulfate digestion and measured colorimetrically (USEPA 1997, 2002). Instantaneous, in-situ water temperature (°C), specific conductivity (μS/cm), pH, dissolved oxygen concentration (mg/L), and oxygen saturation (%) were collected using a YSI 6600 Sonde meter at mid-depth in center of the stream. Instruments were calibrated prior to use with analytical standards (DEP 2003). For the Aughwick Creek site, daily stream discharge was determined using data from the USGS gauging station where daily measurements were available for the 12-day period of the experiment (http://waterdata.usgs.gov). For the FD-36 sites, daily stream discharge values at each gauging station represented daily averages of the 5-min flow measurements that were taken during the 12-days experiment. In terms of meteorological air temperature was similar between Aughwick and Mantango Creek exhibited very small differences in either air temperature (average ± one SD; 19.8±1.9 versus 18.9±1.9), although some variation in cumulative rainfall was observed between the two sites (39.7 versus 53.1 mm).
At all sites, benthic biofilms were sampled from three rocks along one transect according to the USGS protocols used in the National Water-Quality Assessment Program (Moulton et al., 2002). Transects were divided into thirds (left, middle, and right); one rock was randomly sampled from each of these zones and intact stream biofilms were sampled from each rock. The stream biofilm was removed from the rock by repeated scrubbing with a modified grout brush for 60 s, rinsing with reverse osmosis (RO) water, transferring the biofilm slurry to a plastic sample container, and recording total sample volume. The slurry collected from each rock was subsampled by filtering 2 ml aliquoits for chlorophyll-a, TP, PolyP, and PIP analysis using analytical procedures stated below. All filters were stored in an ultra-low temperature freezer (−80 °C) and held for subsequent analysis. Finally, equal volumes from each of the three stream samples (left, middle, and right) were transferred into a 125-ml Nalgene bottle and preserved with 3.5% formaldehyde for subsequent algal enumeration as described below.
2.3 In Situ Enrichment System
During the period 30 July to 14 August 2014, a series of field experiments were conducted simultaneously at all five stream sites using the previously described in situ enrichment system that has been shown to deliver a range of environmentally relevant P loading rates (ISES, Carrick and Price 2011). The experimental design included enrichment with six levels of increasing P and one level of N; this was done to evaluate the storage of P within stream biofilms across a gradient of increasing P while minimizing the effects from N limitation (Carrick and Price 2011). Very briefly, 50 ml polystyrene vials (approximately 8.0 cm × 2.7 cm) were filled with ultra-pure agar (2% w/v Difco ultra-Pure Agar Noble) to avoid inadvertent enrichment with unwanted trace elements; the agar was enriched with one of six different concentrations of P (0, 0.005, 0.015, 0.045, 0.15, and 0.5 m of NaH2PO4), and of one concentration of nitrogen (0.5 m of NaNO3). This series of concentrations is denoted throughout as P0, P1, P2, P3, P4, and P5, respectively.
These nutrient additions were chosen based upon previous work showing that these concentrations produced average daily N and P loads bracketing low and high loading conditions to natural streams (Carrick and Price 2011). These treatments were administered in triplicate (6 treatments x three replicates = 18 substrata per site). Porous, porcelain crucible lids (2.6-cm diameter) were fixed to the top of the agar-filled vials using inert aquarium sealant; the agar and sealant was allowed to harden overnight. These lids provided the substrate for biofilms to colonize on as well as the point source for the P to be released from over the 2-week period (Gibeau and Miller 1969; Carrick and Price 2011). The 18 vials were then randomly arranged in a 3 × 8 metal wire rack and transported to the stream sites for deployment. The 0 M P treatment (i.e., P0) served as a proxy for the ambient phosphorus stream nutrient conditions, and thus, was used as an overall control. More specifically, this treatment was compared with the natural rocks that were collected at the sites, prior to, and following the experimental deployment.
Experiments were deployed at four sites in FD-36 on July 30 and a single site in Aughwick Creek on 30 July 2014 (Figure 1). Racks containing the experimental treatments were placed at a mid-stream location and secured into the stream bed using rebar. Experiments were incubated for 12 days at each site and run simultaneously to standardize the temporal period among streams and provide a common period for growth and P uptake by the resident biofilms. After 12 days of incubation, racks were removed from stream sites. Stream biofilms that developed on each experimental treatment were scraped from the porous caps (using the modified grout brush) and washed into 50 ml storage vials (polyethylene, 50 ml) with several RO water rinses. Storage vials were sealed and transported to the lab for chlorophyll-a, TPP, PIP, and PolyP processing within 2 h of collection. Once in the laboratory, a series of 2 ml aliquots from each of the treatment samples were concentrated onto membranes and stored at −80°C for subsequent chlorophyll-a and P analyses (see below). In addition, a core was taken from the agar remaining from each treatment replicate, and this was placed into glass vials, and stored at −80°C for subsequent P analysis described below. Finally, slurries of the three replicates for each treatment were composited and transferred to 125-ml Nalgene bottle; this sample was preserved with 3.5% formaldehyde for algal enumeration as described below.
2.4 Analytical Procedures
2.4.1 Chlorophyll Analysis
Chlorophyll concentrations were measured as a proxy for algal biomass in stream and experimental samples (Carrick et al., 1993). Subsamples were filtered (2 ml aliquots) onto glass-fiber membranes (Whatman GF/F), placed in cryo-tubes and stored at −80°C. Within 1 month, filters were removed from the freezer and placed in vessels with a 60:40 dimethylsulfoxide to 90% acetone mixture to extract chlorophyll-a present in the samples. This supernatant was removed and analyzed on a 10-AU Turner fluorometer corrected for phaeopigments and chlorophyll-b concentrations (see Welschmeyer 1994).
2.4.2 Chemical Analyses of Biofilm Phosphorus
Subsamples were retrieved from ISES treatments and natural stream rock samples and analyzed to determine the concentration of P that accumulated within stream biofilms. To evaluate key forms of P in our samples, we subdivided total particulate P (denoted TP) into three key components: polyP or inorganically bound polyphosphate, PIP or inorganic particulate P, and POP or other forms of organically bound that were determined by subtraction (e.g., RNA, DNA, lipids, proteins).
PolyP concentrations in our samples were measured using a hot water extraction procedure (Harold 1966; Carrick and Price 2011); this extraction method has been shown to provide accurate estimates of stored P in microbial assemblages (Kenney et al., 2001; Martin and Van Mooy 2013). Briefly, 2 ml aliquots were concentrated onto nitrocellulose filters (0.22 µm pore size) that were suspended in RO water. Then, these samples were autoclaved at 120°C for a 60 min thereby hydrolyzing polyP from its condensed inorganic form into DIP (Fitzgerald and Nelson 1966). The resulting DIP content of samples was analyzed using standard colorimetric methods (USEPA 1997, 2002) and measured using a model Beckman Coulter DU 700 spectrophotometer. All DIP samples were measured in duplicate with a third water subsample containing no ascorbic acid (no color change) serving as a blank.
Particulate inorganic phosphorus (PIP) was measured using a method targeting surface-adsorbed inorganic forms of P (see Asahi et al., 2014). Aliquots of 2 ml were filtered onto Whatman GF/F filters (0.70 µm pore size) to isolate sediment and other particles. The filters were then soaked in glass vials filled with 1N HCl for 12 h on a shaker table at room temperature. Following this, samples were centrifuged for 5 min and the supernatant (3 ml) was removed, neutralized with 1N NaOH, and the resulting DIP content was measured using the colorimetric procedure described above (USEPA 1997, 2002).
TP was measured in tandem on all samples; this analyte represents the collective P pool that included all organic and inorganic present in streams biofilm samples. Aliquots of 2 ml were filtered onto nitrocellulose filters (0.22 µm pore size). This material was then treated with potassium persulfate and autoclaved for 30-min standard to oxidize the P present in our samples to DIP. The resulting DIP was measured using the colorimetric procedure described above (USEPA 1997, 2002). Last, the POP component of P (other organic P) was determined mathematically, where quantities of both polyP and PIP were subtracted from TP for each of the samples.
Nutrient loading rates for the experimental treatments were determined by measuring the concentration of P present in the agar at the beginning (time 0) and end (day 12) of all five experiments. Agar cores were removed from each experimental vial (as described above) using a bore corer and the mass of the material was weighed. The agar core subsample was place in glass vials, heated on a hot-plate under low heat (until liquefied), following which a small amount of the resulting liquid was diluted in RO water (100-fold) and analyzed according to the total P procedure described above (USEPA 1997, 2002).
2.4.3 Statistical Analyses
Descriptive statistics were calculated for stream water quality, benthic biomass, and P content for each of the sites where the experiments were carried out. P-storage and P-update descriptive statistics were calculated from the mean value of replicates for site-specific experimental treatments (n = 30). A one-way analysis of variance (ANOVA) was used to compare stream discharge and dissolved nutrient (chloride, sodium, total phosphorus, etc.) measurements made during the experimental period, where stream site was considered a fixed factor. Tukey multiple means comparisons were used to isolate the pair-wise differences to give an idea of the stream site characteristics. Variation in P loading rates from the ISES treatments was assessed using a two-way ANOVA, where average loading rates were compared among two fixed factors (i.e., P treatment and site). Variation in stream biofilm biomass and P content (chlorophyll-a, PolyP, PIP, TPP) among the experimental treatments was analyzed using two-way multivariate analysis of variance (MANOVA), where both P loading and site were considered fixed factors. Post-hoc Tukey multiple means comparisons (p < 0.05) were used to evaluate sources of significant variation within individual factors. Biomass (i.e., chlorophyll-a), TPP, and PolyP content measured on natural stream rocks were analyzed using one-way MANOVA tests, where site was considered a fixed factor. To evaluate the relationship of P dynamics in the biofilms with stream productivity (see Carrick et al., 2007), P storage and P uptake determined from our experiments were regressed against stream conductivity (as a proxy for stream productivity). P uptake was determined using the slope of the PolyP concentration in biofilms vs. the experimental P loading at each site. All data were log10 transformed to meet assumptions of normality and homogeneity of variances. Normality was achieved for all ambient rock data, although normality was not achieved for any experimental data according to the Wilkes-Shapiro test; however, the residual distribution approached a normal distribution with no outliers in the data set. Thus, these data met the assumptions for normality and homogeneity of variations and allowed the use of inferential statistics (i.e., MANOVA, ANOVA, linear regressions). All statistical analyses were conducted using the statistical software SPSS v. 26.
3 RESULTS
3.1 Biogeochemical Conditions at Stream Sites
Water chemistry was similar among the five stream sites we investigated, although some differences were evident. Aughwick Creek was characterized by modest conductivity values, circumneutral pH, and low nutrients while the four sites in FD-36 had higher nutrient levels and lower values for pH and conductivity which increased downstream (Table 1). Among all five sites, conductivity ranged from 102 to 268 μS cm−1 with an average concentration of 173 μS cm−1 and pH ranged from 6.84 to 8.99 with an average of 7.69. Stream temperature over the course of the 12-days experiment averaged 25 C (range 23.1–27.5°C). Total N levels were approximately 0.730 mg L−1 and total P levels were around 0.03 mg L−1. Stream baseflow and the mineral content of the stream water did not reveal appreciable differences among any of the stream sites, although as expected, there was an increasing trend in flow from upstream to downstream sites, with Aughwick Creek having the highest discharge. Including Aughwick Creek, where the only available water quality data were for TP and TN, there were no significant differences in total nutrient concentrations between the five sites (one-way ANOVA; F = 2.00; p = 0.151). For FD-36, where there were data for numerous chemical species (e.g., Fe, Ca, Si, S, Mg, Mn, Al, K, Na, Cl), there were few if any significant differences in water chemistry between the four sites (p > 0.05). The only difference was with Mn and S concentrations, where Site three was significantly higher and lower than the other sites, respectively. Moreover, all forms of N (ammonium, nitrate, TN) and P (DIP and TP) were consistent between the sites.
TABLE 1 | Initial biogeochemical conditions at five stream sites in the Mid-Atlantic region of the United States where experiments were carried out. Four sites were located along an upstream to downstream reach (Site one to Site four) in the FD-36 watershed and one site in Aughwick Creek watershed (14 July 2014). Naturally occurring biofilms were sampled on 14 July 2014 from stream rocks and water chemistry was measured from grab samples collected on several dates (17, 23, and 30 July 2014) prior to the initiation of experiments. Discharge was measured for the entire during daily over the entire day of the experiment.
[image: Table 1]The ambient, biogeochemical conditions of intact, benthic biofilms growing on stream rocks did not exhibit marked difference among the five sites (Table 1). There was no significant difference between the sites in terms of total particulate P (one-way ANOVA; F = 1.72; p = 0.152) or polyP (F = 2.57; p = 0.430). Benthic chlorophyll did vary significantly among the five sites, where it was greater for Aughwick in comparison to the four other sites (F = 10.52; p = 0.000). The four sites in FD-36 were not different for chlorophyll, total P, and PolyP concentrations. Furthermore, ratios of Chl:TP and Chl:PP were not different among sites (F = 1.49; p = 0.273). There were significant differences in the biomass of biofilms that grew under natural stream conditions (rocks) and those exposed to experimental P enrichment (one-way ANOVA; F = 17.35; p = 0.000). As expected, polyP on the natural rocks was not different from either the P0 or the P1 treatments; however, the rocks had lower P content compared with high loading rates for P treatments (P2, P3, P4, and P5). Comparison among the study sites showed few differences, although Site two overall had a greater polyP content relative to the other sites.
3.2 Biofilm Response to Experimental P Loading
P loading rates varied by more than two orders of magnitude among the six experimental treatments and loading rates differed significantly among the six treatments (two-way ANOVA; F = 3.42; p < 0.000). The rates ranged from 0.0 μg day−1 (P0 treatment) to 1,540.7 μg day−1 (P5 treatment) with a very low standard deviation (0.00–0.147 ug day−1). That said, P loading rates were consistent, and did not vary significantly among the five experiments (F = 1.49; p = 0.216). Furthermore, there was no detectable release of P from the control treatment (P0) and no difference in P loading rates among sites (ANOVA interaction between sites and treatment, p > 0.05).
The accumulation of benthic biofilm biomass (as chlorophyll) and tissue P content as TP, PolyP, and PIP showed separate site (F = 24.46; p = 0.000) and treatment (F = 9.51; p = 0.000) effects, as well as a significant interaction between the two factors (Figure 2; two-way MANOVA, F = 1.77; p = 0.000). Blocked one-way ANOVA tested for singular, site and treatments effects (Figure 2; Table 2) showed between-subject differences for all dependent variables (chlorophyll, TP, PIP, PolyP).
[image: Figure 2]FIGURE 2 | Concentrations of chlorophyll (Chl) and phosphorus (as TP, polyP) for biolfilms exposed to six levels of increasing P-loading (µg P m−2 h−1) released during in situ experiments carried out simultaneously at five streams in July 2014 (incubation times ranged from 12 days).
TABLE 2 | Blocked one-way ANOVA and corresponding Tukey’s HSD pairwise comparisons for fixed site and treatment effects. Sites and treatments are listed in order of their means (low to high), with superscripts indicating which variables are statistically different from each other (Tukey’s comparisons p < 0.05).
[image: Table 2]In terms of singular site effects, Aughwick supported greater chlorophyll than the FD-36 sites; however, in the FD-36 watershed, Sites 1, 2, and 4 had the similar chlorophyll content, while biofilm chlorophyll at Site-3 were significantly greater. In terms of biofilm TP content, Aughwick and Sites two and four had the least amount while concentrations at Site three were greater than these three sites. PolyP storage was lowest in Site-4, followed by Aughwick and then Site 1. Sites two and three had the highest amounts of P storage. PIP showed a similar pattern with Aughwick containing the lowest amount of inorganically bound P, followed by Sites 1 and 4, then 2, with Site three having the highest amount. P loading was the same between all five sites.
In terms of singular treatment effects, there were few significant differences for chlorophyll values among P treatments (Figure 2; Table 2). That said, stream biofilm TP, PIP, and polyP concentrations increased with increasing P enrichment. For instance, concentrations of algal P were similar on P0-P3 treatment; however, all three forms of P increased with enrichment at in the P4 and P5 treatments.
3.3 Effects of P Loading on Biofilm P Mass Balance
The chemical form of P retained by benthic biofilms varied with experimentally induced P loading. TP concentrations retained by biofilms ranged from 4.74 to 25.0 mg m−2 among the six P loading treatments (average among all sites, Figure 3). P retained in biofilms identified as polyP ranged from 0.84 to 11.68 mg m−2; this P form made up a larger component of the P pool as P loading increased (one-way ANOVA; F = 161.96; p = 0.0001). The POP components (e.g., DNA/RNA or lipids) ranged from 2.64 to 4.37 mg m−2 and did not vary among P treatments (F = 0.59, p = 0.705). PIP represented a significant component of the biofilm P pool (range 0.96–8.97 mg m−2), and this component also became more important with increasing P loads (F = 154.29; p = 0.0001).
[image: Figure 3]FIGURE 3 | Stacked bar chart for the mass balance of biofilm P among the ISES treatments (Top panel), where sites and treatment replicates were averaged (Top panel). Bar chart depicted of the percent polyP out of TP (Bottom panel). Error bars were calculated as standard errors.
4 DISCUSSION
4.1 P-Uptake by Biofilms as a Function of Stream P-Loading
Overall, there was a strong relationship between experimental P loading rates and PolyP accumulation by stream biofilms growing on the artificial substrata delivered by the ISES (r2 = 0.78, p = 0.000, n = 90). As such, the ISES delivered predictable loadings of DIP that promoted proportionate changes in P storage by biofilms, and this pattern was consistent among the five streams where experiments were performed (see Figure 2). The P uptake rates among experimental treatments measured here (average ± one SD: 0.111 ± 0.096, n = 30) were low compared with previous studies that evaluated P uptake using radiotracer experiments on biofilms streams from a similar region in the United States mid-Atlantic (see Price and Carrick 2013, 2014). P uptake rates measured here were likely net uptake rates, because these were based upon mass accumulations over relatively long-time periods (days, weeks). As such, the ISES experiments produce conservative rates (net) compared with more instantaneous rates (gross) estimated during short-term (minutes, hours) experiments that use radionuclide 33P tracers (see Price and Carrick 2014). That said, the range in our P uptake rates (range 0.028–0.461 μg P µg Chl−1 day−1) agreed well with other stream biofilm P uptake estimates (range 0.054–0.648 μg P µg Chl−1 day−1) that were measured similarly from mass accumulation type measurements (Steinman et al., 1991; Steinman and Boston 1993).
Interestingly, the rate of increase in P storage with P loading never reached a visible saturation point over the 12-days incubation period. This was evidenced by the exponential rate of P accumulation in the biofilms assayed here. In terms of stream ecological succession, this pattern may be attributed to the relatively short duration of the experiment, which (by design) targeted the early colonization of biofilms. Furthermore, another study found that the release rate of nutrients from agar substrates declines after 1 week (Corkum 1996). Thus, it is likely that the initial leaching of P from the vials emerged as a pulse early in the experiment, followed by decreasing loading rates after longer incubation times (Pringle and Triska 2006). The design of the ISES substrata (low surface to internal volume ratio) were such that it would minimize large, initial releases during early stages of the experiment as compared to other substrata designs with very large surface to volume configurations (Corkum 1996). Regardless, nutrient pulses that occur under natural conditions have been known to stimulate luxury P consumption (Dodds and Welch 2000; Rier et al., 2014). As a result, our experimental designed appeared to offer a reasonable representation of this common short-term, stream nutrient pulse phenomenon (Carrick and Price 2011).
Our estimates of P accumulation are likely good approximations for the capacity of resident stream biofilms to store newly available DIP through realistic stream enrichment events. The enrichment loading rates among all six treatments spanned a range from low (ambient, controls) to those experienced during high watershed run-off events (see Carrick and Price 2011). Moreover, the moderate incubation times insured that uptake and subsequent storage of P measured here were performed by biofilms occurring during an early period of algal succession (Poff et al., 1990; Sobczak and Burton 1996) compared with the longer period (>30 days) usually required to achieve late succession growth on artificial substrata (see Carrick and Lowe 2007). As such, the low stream biomass observed at all five stream sites was expected, and P uptake was also expected to be favored over carbon uptake, and carbon is usually favored when algae are actively growing (Lean and Pick 1981). We interpreted the lack of biomass differences (as chlorophyll-a) measured among the P treatments at all sites as further evidence that our experiments targeted an early colonization assemblage.
4.2 Effects of Loading on P Partitioning Within Stream Biofilms
The impact of benthic stream biofilms and associated microbes on nutrient cycling in stream ecosystems has largely been treated as a black box, particularly in the context of studies evaluating variation across long-term (seasons, years) temporal and large (watershed, ecosystem) spatial scales (e.g., Mullholland et al., 1995; Earl et al., 2006). As such, the role stream biofilms may play in altering nutrient dynamics within stream reaches has yet to be fully realized (e.g., Saia et al., 2017). As an initial step, we evaluated the P make-up of natural stream biofilms exposed to known P enrichment inputs that were delivered under in situ stream conditions along a continuum of varying degrees of legacy P loads as evidenced by the ambient TP and polyP concentrations at each experimental site. We believe our results are a reasonable representation of natural conditions because stream biofilms receiving low P enrichment (i.e., treatments P0 and P1) supported a comparable percent composition of P among chemical pools (i.e., PolyP, PIP, and POP) relative to resident stream biofilms present on rocks collected from the same location of at the end of this experiment.
In our experiments, available DIP provided through enrichment was stored as POP which we assume was composed of several relevant P-rich biochemicals (i.e., DNA, RNA, lipids, etc.) under low loading rates, whereas DIP uptake and subsequent polyP storage dominated under higher, experimental P loading rates (see Figure 3). These findings underscore the importance of polyP as a mechanism for microbes to take up, and subsequently store P from new pulses of DIP (e.g., Jensen 1968; Stevenson and Stoermer 1982). To further illustrate the impact of polyP under variable nutrient fields, Martin et al. (Martin et al., 2011; Martin et al., 2014) found that marine phytoplankton accumulated more polyP in P depleted regions of the Sargasso Sea compared to regions that were more P-rich. In freshwater streams, Rier et al. (2014) showed that biofilms growing in experimental streams readily took up new DIP during pulse enrichment events, whereby polyP formation served to store this new DIP for future use. Data from other P enrichment experiments have shown that microbial assemblages were capable of P uptake and conversion to polyP; this has been demonstrated for both freshwater lake plankton (Carrick et al., 1993) and stream biofilms (Price and Carrick 2014). As such, P enrichment studies might show promise in defining the capacity of aquatic ecosystems to assimilate new P.
We found significant concentrations of PIP in our samples (both stream baseline and experimental, see Figure 3); this form of P was likely formed as colloidal particles associated with the biofilm mat. DIP often binds with minerals such as Ca, Fe, Al within the matrix of the biofilms and is liberated by the acidic extraction procedure (Cowen and Lee 1976). Because the fraction of PIP never represented a majority of biofilm P in our study (<50% in all experimental samples), this result suggests that most of the DIP input was taken up by cells rather than being bound as more passive components of the biofilm (Ehama et al., 2016). One study on stream biofilm P contents found that PIP in lowland, hardwater (rich in calcium and magnesium carbonates) river biofilms ranged from 27–83% of TP (Jarvie et al., 2002). This percent contribution of PIP was similar those measured in coastal sediments, where the composition varied from 24–86% in the lower Chesapeake Bay (Keefe 1994) and ∼69% in the Gulf of California (Lyons et al., 2011).
Lastly, the POP fraction measured in our experiments (e.g., DNA, RNA, lipids, and proteins) was relatively consistent among the treatments. This finding supports the idea that little cell replication (i.e., growth) occurred in stream biofilms across treatments; similarly, Karpinets et al. (2006) showed that RNA:protein ratios were tightly coupled to the growth rates of microbes. This finding supports our measurements of polyP determined using the hot water extractable method, given that our estimates of polyP increased proportionately with experimental P loading while other P fractions did not exhibit this same positive relationship (see Figure 3). That said, few studies in freshwater systems have documented the occurrence of specific polyP accumulating organisms (PAOs). PAOs, as studied in enhanced biological P removal (EBPR) wastewater treatment plants, store DIP as polyP under aerobic conditions and release DIP during anaerobic conditions when polyP is hydrolyzed (Martin et al., 2011; Saia et al., 2017). One study identified known PAOs in lake sediments (Martin and Van Mooy 2013), while another observed polyP accumulation by filamentous cyanobacterial symbionts within sponges and verified the presence of ppk genes using techniques established for EBPR PAOs (Zhang et al., 2013). That said, bulk extraction hot water hydrolysis techniques, like that used here, have been successfully used to quantify polyP content in microbial stream biofilm assemblages (e.g., Price and Carrick 2013) and lake sediments (e.g., Kenney et al. 2001). More recently, enzymatic assays have been used to isolate polyP in marine plankton samples (usually 10–20% of particulate P content), although these studies were unable to reconcile a reasonable mass balance among inorganic and organic P pools (Martin et al., 2011; Martin et al., 2014). Rier et al.(2014) also used enzymatic assays to measure polyP content of stream biofilms and found it constituted ∼20% of TP, although they did not determine a mass balance for polyP relative to other inorganic and organic P pools. Finally, 31P nuclear magnetic resonance (31P-NMR) spectroscopy has been used to verify the hot water extraction method for measuring polyP content (Torres et al., 2014).
4.3 Biofilm Uptake and Stream Legacy P
In this study, we show that the capacity of stream microbes to store PolyP was dependent on DIP availability; hence, we hypothesized that their diminished capacity to take up and ultimately store new DIP as PolyP should be a useful metric of ecosystem legacy P loading. In this sense, the capacity of an ecosystem to store new DIP as PolyP may reflect the relative elasticity of the ecosystem to respond to P delivered from watershed run-off events, which we expect to become even more frequent as a function of recent changes in climate (e.g., Wagena et al., 2018). This mechanism is the basis for DIP removable from wastewater that has a long history (since the 1970s), whereby enhanced biological P removal has been optimized to use microbes know as polyphosphate accumulating organisms (PAOs) capable of taking up excess DIP relative to normal cellular levels (Yall et al., 1972; Seviour and McIlroy, 2008; Gebremariam et al., 2011).
Merely measuring the variation in DIP or other dissolved nutrients in overlying waters provides an incomplete picture of ecosystem dynamics, and more often can yield contradictory interpretations (see Saia et al., 2021). For instance, ecosystems experiencing large legacy impacts, may reduce concentrations of DIP in the overlying water simply due to the large biomass of resident biofilm which are characteristics of chronic P loadings (see Stevenson et al., 2008). These ecosystems have lost their capacity to take up (and store) any additional new P and are saturated with P, no longer buffering downstream receiving bodies from further nutrient influxes (Eriksson and Weisner 1996; Zhang et al., 2013). Similarly, N-saturation has been measured and identified in streams, although the capacity of biofilms to store N is not as great as that for P, because of the ability of microbes to use polyP as a hyper-storage mechanism (see Scanlan et al., 2015). Interestingly, a similar scenario can be imagined, where stream reaches where little to no legacy P overloading has occurred usually support biofilms with a high affinity to take up DIP. Other studies have also observed similar patterns in P retentions and cycling, where streams with high biofilm chlorophyll content will typically be saturated with polyP with a low demand for any further P (i.e., high levels of P storage per unit chlorophyll) compared with streams that experienced lower levels of chronic P loading, are under-saturated with P, and exhibit higher capacity for new P storage (see Price and Carrick 2014, 2016). Stream biofilms exposed to high DIP loadings essentially lose their ability to assimilate nutrient loads from recent P pulses (e.g., Dodds, 2010).
Given this, we believe determining the actual capacity of biofilms to assimilate DIP is a key measurement to make in the assessment of stream trophic state, health, and nutrient resiliency. Similar experiments to those done here were performed in eight mid-Atlantic ecoregions showed that P uptake rates varied predictably along a nutrient gradient (Price and Carrick, 2016), such that the development of intracellular polyP granules in stream biofilms was proportional to the degree of nutrient additions to stream ecosystems from the surrounding landscape (Price and Carrick, 2013). Along these lines, Rier et al. (2014) performed experiments in a series of artificial streams that demonstrated a causal link between storage of PolyP by stream biofilms and pulsed enrichment of overlying stream water with DIP; moreover, the stored PolyP evidently was used to fuel future microbial growth. Furthermore, in a region affected by point source nutrient inputs from a wastewater treatment plant, a significant decrease in DIP uptake efficiency might be expected downstream from a point source (Merseburger et al., 2011).
Our data here show that PolyP storage by stream biofilms in a single temperate watershed was greatest in nutrient-depleted headwater sites compared to downstream sites that were nutrient-abundant (see Figure 4). Our findings support the idea that long-term land use patterns can affect P uptake in a predictable way, as bulk percent P storage (mg m−2) measured on natural stream substrata (rocks) increased with conductivity at each site (r2 = 0.90; p = 0.01), at the same time, P uptake from our experiments decreased with conductivity (r2 = 0.70; p = 0.08, see Figure 4). Upstream sites (Sites 1–3) demonstrated significantly higher uptake capacity for DIP compared with more P enriched sites downstream (Site-4 and Aughwick Creek, see Figures 1, 2). P enriched sites tend to support higher levels of biofilm chlorophyll and stored P (as TP and polyP, see Table 1); however, these sites also exhibited lower capacity to store new sources of DIP they are more saturated with legacy P. This appears to be a typical pattern seen in streams of varying nutrient status, so that relying solely on measurement of nutrients in the water column to determine nutrient status of a stream, as is often done by researchers and managers, may not give a complete picture about the capacity of streams and river to assimilate and alter the quantity of P throughout the landscape.
[image: Figure 4]FIGURE 4 | Simple linear regressions depicting the relationship between stream water conductivity (proxy for legacy nutrients in μS/cm) versus estimates percent polyP storage (Top panel), p = 0.01 on natural stream rocks and polyP uptake (Bottom panel), p = 0.08 derived from a series of in situ experiments.
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