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Climate change will increase the temperature of water in our drinking-water distribution systems, impacting the biofilms that grow in these vast infrastructure systems and hence the quality and safety of drinking water at the tap. Using a full-scale laboratory-controlled facility, we studied the impact of such temperature increase and the impacts of different control strategies. Our results show that increasing the temperature from 16 to 24°C changed the biofilm community structure and increased the potential for discoloration. Interventions of flushing only or flushing supplemented with hyperchlorination showed a similar reduction in discoloration potential and reduced the abundance of microorganisms that can compromise water quality and safety such as the bacteria Flavobacterium or Sphingobium and the fungi Fusarium and Cladosporium. However, there was no difference between the interventions, suggesting no benefit from adding hyperchlorination. This study provides useful understanding to inform strategies for managing biofilms within chlorinated HDPE DWDS, understanding and mitigating the impact of increasing temperature due to climate change.
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1 INTRODUCTION
Drinking water is treated by different processes to remove contaminants and microbes to make it safe for consumption. However, microorganisms can survive treatment and disinfection processes and inhabit drinking-water distribution systems (DWDS) (Szewzyk et al., 2000; Chaves Simões and Simões, 2013). Most of the microorganisms living in DWDS are attached to pipe surfaces, forming biofilms, which is an advantageous way of life when compared with planktonic cells (Berry et al., 2006; Henne et al., 2012). Biofilms are inevitable on the vast internal surfaces of DWDS, where they can and do contribute significantly to the deterioration of water quality, especially if they are mobilized into the bulk water when the shear stress on the pipe wall increases (Husband and Boxall, 2011). The presence of biofilms and/or their metabolic activities can produce discoloration, taste, or odor problems; it can promote the corrosion or the obstruction of pipes; and can compromise water safety by acting as a reservoir of pathogens (Batté et al., 2003; Wingender and Flemming, 2011; Chaves Simões and Simões, 2013). Environmental factors affect biofilm development in DWDS, including source water characteristics, hydraulic regimes, pipe material, disinfection residual, and temperature (Douterelo et al., 2013; Gomez-Alvarez et al., 2015; Ren et al., 2015; Fish et al., 2020; Calero Preciado et al., 2021). Temperature is of particular concern, as it is a variable outside our control, is changing due to climate change, and impacts many other important environmental factors. In drinking-water-related systems, increasing temperature increases the rate of most reactions including increasing disinfectant decay and reducing dissolved oxygen (Monteiro et al., 2017; WHO, 2017; Li et al., 2018); thus, higher temperatures promote biofilm development and structural changes in the DWDS microbiome (Calero Preciado et al., 2021).
Water companies use different operational and management strategies to clean pipes of DWDS (Ellison, 2003; Vreeburg, 2007; Garcia de Carellan et al., 2012). While these are not often directly motivated by the consideration of biofilms as the root cause, they do mitigate the risks directly associated with biofilms, for example, discoloration as a biofilm-mediated process (Husband et al., 2016). Cleaning strategies based on chemical methods have been demonstrated to be effective for the control of planktonic communities in the water column, but biofilms are more resistant and tolerate higher concentrations (Bridier et al., 2011). Free chlorine is the most commonly used disinfectant, and it has been observed to attenuate bacterial biofilm cell concentrations. However, previous research found that it was not effective to avoid biofilm formation in the pipe walls and that even high concentrations can favor its development (Srinivasan et al., 2008; Fish and Boxall, 2018; Inkinen et al., 2018; Zhang et al., 2019). Additionally, it has been shown that certain biofilm microorganisms, especially eukaryotes such as fungi, have a high tolerance to chlorine concentrations (Hageskal et al., 2012; Wang et al., 2014; Fish and Boxall, 2018).
Internationally, mechanical methods are the most commonly used techniques to control biofilms in DWDS, including flushing, water/air scouring, and pigging (Vreeburg, 2007; Vreeburg and Boxall, 2007). Of these, flushing is the most common and widely applied method for reducing the risk from material accumulations within pipes worldwide. Flushing consists of increasing the water flow to produce an increase in the shear stress (although usually managed by pipe diameter-specific velocity targets) at the pipe wall mobilizing material, including biofilms, attached to the pipe surfaces (Boxall et al., 2001; Friedman et al., 2003; Vreeburg, 2007). In operational networks, planned flushing regimes are carried out to manage a clean waterfront through the network, sequentially targeting pipe lengths by closing selected valves and opening hydrants (Ellison, 2003; Vreeburg and Boxall, 2007). Sometimes, flushing can be applied in conjunction with high concentrations of disinfectant (i.e., hyperchlorination) for more effective system cleaning, especially after pipes burst and are repaired (Chaves Simões and Simões, 2013; van Bel et al., 2019). These cleaning methods are known not to completely eliminate biofilm in the networks but remove weaker attached material that is commonly associated with the greatest risk to water quality, including discoloration (Douterelo et al., 2013; Fish, 2013). It is also known that the microorganisms remaining attached to the pipe wall can contribute to biofilm regrowth (Douterelo et al., 2014a). Understanding the impacts of cleaning strategies is vital to select and apply them effectively and, hence, to guarantee the safety of the water that reaches consumers’ taps. As climate change leads to higher temperatures and, hence, accelerated rates of biofilm growth and other pipe fouling, it is increasingly important that we understand this.
The objectives of this study were to understand the combined effect of increasing temperature with management strategies on biofilm characteristics and its implication for water quality. The management strategies tested included (Szewzyk et al., 2000) cleaning based on the combination of mechanical and chemical disinfection (i.e., flushing events combined with hyperchlorination); (Chaves Simões and Simões, 2013) only mechanical treatment (i.e., flushing); and (Berry et al., 2006) not applying any mechanical or chemical treatment (i.e., microbial community transition between temperatures, effective control). This new understanding will provide valuable information to adapt, target, and/or improve biofilm management strategies under scenarios of increasing temperature, thus helping to ensure the supply of safe drinking water.
2 MATERIALS AND METHODS
2.1 Experimental DWDS facility and operational conditions
To generate fully representative results, but with suitably controlled conditions, the study was carried out in a full-scale experimental DWDS facility located at the University of Sheffield (United Kingdom). The facility has three independent loops made of high-density polyethylene (HDPE) pipes (PE100 SDR17) with an internal diameter of 79.3 mm and a length of 9.5 × 21.4 m coils (Figure 1A). Local drinking water is supplied using individual enclosed reservoir tanks of an approximate capacity of 0.486 m3, from where the water is recirculated in the system using individual variable speed pumps. System flow and pressure are computer controlled (LabVIEW, version 8.2, National Instrument Corporation, United Kingdom) by the opening of a final control valve and the speed of the pump, enabling the simulation of hydraulic demand patterns during the tests and flushing flows. Each loop of the experimental facility also includes several other monitoring equipment installed in situ: ATi A15/76 turbidity meters (ATi, Delph, United Kingdom), ATi Q45H-79 chlorine meters (ATi, Manchester, United Kingdom), pressure transducers (GemsTM Sensors and Controls, US), and flow meters (Flownetix, United Kingdom). The facility is within a temperature-controlled room. The temperature increase was additionally facilitated by immersion heaters installed in each tank (Redring P27DC, United Kingdom). All monitors provide and record continuous measurements through the duration of the experiments of flow, pressure, turbidity, chlorine, and temperature.
[image: Figure 1]FIGURE 1 | (A) Full scale test facility composed of 3 loops (L1, L2 and L3); (B,C) details and dimensions of the coupons: insert for microscopy and outer for DNA analysis.
The water in each three repeat sub-systems had a retention time of 24 h, controlled with a trickle drain and feed-based system to maintain baseline water quality parameters and preserve nutrient supply and disinfection residual, among other water quality parameters. This system retention time is independent of the hydraulic retention time of the pipe loops.
Each loop has two coils where it is possible to insert 2 × 27 removable HDPE Pennine Water Group (PWG) coupons to facilitate the analysis of biofilms in situ (Figures 1B,C), described previously by Deines et al. (2010). The coupon consists of a portion of pipe with a total surface area of 314 mm2 which fits with the internal surface and accurately follows the pipe curvature, thus experiencing the same environment as the rest of the pipeline with a minimal impact on the system hydraulic (Deines et al., 2010). Coupons are fixed into the pipes with holders and clips, following a pattern that enabled the investigation of biofilms around the entire pipe (top, medium, and bottom positions) (Figure 1). The use of coupons has the advantage that the system does not need to be drained for the sampling, and the water continues in the loops. This makes the impact of sampling on the biofilm minimal, allowing for sampling campaigns at any time throughout the experiment. Coupons comprise two parts: 1) the outer coupon used to collect biofilm biomass for DNA-based analysis and 2) an insert that can be removed from the coupon body for microscopy analysis (Figure 1C) (Deines et al., 2010).
2.2 Operational conditions
To study the effect of increasing temperature due to climate change, two different temperatures were selected, 16 and 24°C. 16°C is the average United Kingdom water temperature during spring-summer months (Husband et al., 2008), and 24°C was selected based on the World Health Organization (WHO) recommendation that the drinking water temperature should not be greater than 25°C to limit the microbial growth and pathogen proliferation in drinking water systems (WHO, 2017).
Prior to the start of the experiments, the facility was cleaned and disinfected by adding to each loop 20 mg/L of RODOLITE H (a sodium hypochlorite-based solution with less than 16% free chlorine) (RODOL Ltd., Liverpool, United Kingdom). Then, the system was flushed at a maximum flow rate (4.2 L/s or 2.7 N/m2) and left standing for 24 h with the disinfectant. After this time, the facility was flushed again at 4.2 L/s (2.7 N/m2) with fresh tap water until the levels of free chlorine showed values similar to the local tap water entering the system (≈0.2 mg/L). After disinfecting the system, sterile PWG coupons were inserted along the pipes.
The three loops were run for 30 days at 16°C to allow for biofilm development in the pipe walls. After this growth phase, each loop was subjected to a different management strategy (Figure 2). In loop 1, mechanical cleaning and chemical disinfection were applied. The pipe loop was flushed by increasing the flow in four gradual steps for a duration of three turnovers (i.e., the time that the total volume of the water needs to recirculate in the loop three times) (Supplementary Figure SA, Supplementary Table SA), and then, a hyperchlorination of the system was performed adding 20 mg/L of RODOLITE H (a sodium hypochlorite-based solution with less than 16% free chlorine) (RODOL Ltd., Liverpool, United Kingdom). The intention was to remove weaker adhered biofilm material first, then the hyperchlorination to deactivate the small portion of the biofilm that is known to remain post-flushing and reduce regrowth. In loop 2, only a mechanical cleaning procedure was performed, flushing the pipes by applying the same four gradual steps as explained for loop 1. This is a simpler intervention, and hence, it is interesting to compare it with loop 1 to establish the additional benefit of hyperchlorination. In loop 3, no mechanical or chemical maintenance treatment was applied to study the natural transition of biofilm communities when temperature increases. This effectively provides a control for comparison with the other two conditions. After the three different treatments, new sterile PWG coupons were inserted along the pipes in the three loops, and the temperature was increased to run a second biofilm growth phase of 30 days at 24°C. At the end of this growth phase, all three loops were flushed by applying the same four gradual steps for a duration of three turnovers to remove and quantify loosely adhered material on the pipe walls (Sharpe et al., 2010). For biofilm growth phases at both temperatures, a low varied flow (LVF), ranging from 0.2 to 0.5 L/s, was applied which simulates a real hydraulic regime based on daily patterns observed in real DWDS in the United Kingdom (Husband et al., 2008) (Supplementary Figure SB, Supplementary Table SA).
[image: Figure 2]FIGURE 2 | Scheme of the test performed in the 3 loops over time.
2.3 Microbial communities sampling
To study planktonic and biofilm microbial communities, bulk water samples and coupons were collected on days 0, 10, 20, and 30 throughout the growth phases and post-flushing events performed in each loop at both temperatures. For biofilm samples, three biological replicates of three coupons each were taken at each sampling point to obtain an optimal concentration of DNA for next-generation sequencing (NGS). Since at 16°C the three loops were running under the same conditions, one biological replicate was obtained from each loop. At 24°C, after the different management strategies, the three replicates were obtained from each corresponding loop. The biofilm attached to the coupons was removed by standardized brushing in 30 ml of phosphate-buffered saline solution (PBS) (Gibco®, United Kingdom), creating a biofilm suspension that was then filtered through a 0.22-μm nitrocellulose membrane filter (Millipore Corp., United States) (Deines et al., 2010). For water samples, three replicates of 2 L of bulk water were taken at each sampling point and then filtered through the 0.22-μm nitrocellulose membrane filter (Millipore Corp., United States). Filters of water and biofilm samples were preserved at −20°C in the dark until the molecular analysis was carried out.
2.4 Water quality physico-chemical analysis
During the experiment, turbidity and chlorine online measurements were recorded at 1-min intervals by equipment installed in the system, an ATi A15/76 turbidity monitor (ATi, Delph, United Kingdom) and an ATi Q45H-79 chlorine monitor (ATi, Manchester, United Kingdom), respectively. Additionally, triplicates of discrete water samples were collected at the time of each sampling point to analyze several physico-chemical parameters. pH and water temperatures were tested using a Hanna portable meter HI 991003 (Hanna Instruments, Leighton Buzzard, United Kingdom), and free and total chlorine were analyzed with a Palintest CS100 chlorosense (Palintest, United Kingdom). Total organic carbon (TOC) and the concentration of iron (Fe) and manganese (Mn) (as water discoloration indicators) were also measured in triplicate at each sampling point by The Kroto Research Institute (KRI) (Sheffield, United Kingdom), using a Shimadzu TOC-VCPH/CPN analyzer (Shimadzu, Kyoto, Japan). Inductively coupled plasma mass spectrometry (ICP-MS) was used to determine Fe and Mn concentrations in water by means of a Perkin Elmer Elan DRC II (PerkinElmer, Inc., United States); data acquisition was performed via Elan NT software (tla.mpi.nl/tools/tla-tools/elan) (Sloetjes and Wittenburg, 2008).
2.5 Microscopy analysis
For biofilm visual characterization, the inserts of the PWG coupons were analyzed by scanning electron microscopy (SEM). SEM analysis was performed at the electron microscopy facility, at the Faculty of Science of the University of Sheffield (United Kingdom). Triplicates of PWG coupon inserts were removed on day 0 (control) and day 30 from each loop at both temperatures and after the different management strategies. Inserts were fixed for 24 h in 5% formaldehyde solution (Fisher Scientific, United Kingdom) and then preserved in PBS at 4°C. Coupon inserts were secondarily fixed and prepared for SEM following the protocol described by Calero Preciado et al. (2021). Micrographs of biofilms were obtained using a TESCAN Vega 3 LMU SEM (Girton, Cambridge, United Kingdom) at an accelerating voltage of 15 kV.
2.6 DNA extraction and sequencing
DNA from all the filters where water and biofilm samples were concentrated was extracted following the protocol based on hexadecylmethylammonium bromide (CTAB) and proteinase K chemical lysis, followed by DNA purification using the phenol/isoamyl alcohol method (Neufeld et al., 2007). The concentration of purified DNA from each extraction was assessed fluorometrically by the HS dsDNA assay kit and a Qubit 4 fluorometer (Invitrogen by Thermo Fisher Scientific, Wilmington, United States).
Sequencing was performed at Mr DNA Laboratory (www.mrdnalab.com, Shallowater, TX, United States) on the Illumina MiSeq platform following the manufacturer’s guidelines for pair-end sequencing. The 16S rRNA gene of bacteria was amplified using the primers 28F (GAGTTTGATCNTGGCTCAG) and 519R (GTNTTACNGCGGCKGCTG) spanning the V1 to V3 hypervariable regions. For fungal analysis, the ITS1-2 region was targeted for the amplification using the primers ITS1FBt1 (CTTGGTCATTTAGAGGAAGTAA)/ITS2R (GCT​GCG​TTC​TTC​ATC​GAT​GC). Briefly, 30 PCR cycles were performed using the HotStarTaq Plus Master Mix Kit (Qiagen, United States) and the following protocol: 94°C for 3 min, followed by 30 cycles of 94°C for 30 s, 53°C for 40 s, 72°C for 1 min, and a final elongation step at 72°C for 5 min. PCR products were checked after the amplification in 2% agarose gel to determine the success of amplification and the relative intensity of bands. Samples were pooled together in equal proportions based on their molecular weight and DNA concentrations. Pooled samples were purified using calibrated Ampure XP beads (Beckman Coulter, Inc.), and the pooled and purified PCR product was used to prepare the Illumina DNA library. Sequencing data were deposited in the NCBI Sequence Read Archive (SRA) with the accession number PRJNA770855.
2.7 Bioinformatics and microbial community analysis
Raw sequences obtained from Illumina were subjected to quality control to evaluate the number, the quality, and the length of the initial reads using FastQC software version 0.11.8 (bioinformatics.babraham.ac.uk) (Andrew, 2010). Sequences were then filtered and trimmed, removing those with an average quality phred score below 20 and/or a minimum length of 100 bp by using BBDuk software version 37.95 (bbtools/bb-tools-user-guide/bbduk-guide/) (Cock et al., 2009). BBDuk was also used to remove sequencing errors (Davis et al., 2018). Subsequently, sequences were demultiplexed and depleted of sequencing barcodes using Sabre software (github.com/najoshi/sabre) (Joshi, 2011) and imported into the Quantitative Insights Into Microbial Ecology 2 program (QIIME2, version 2019.7, qiime2.org) (Bolyen et al., 2019). Then, within QIIME2, the implemented vsearch plug-in (github.com/qiime2/q2-vsearch) (Rognes et al., 2016) was used to join pair-end sequences, dereplicate them, identify and filter chimeric sequences, and make de-novo clustering by 97% similarity to obtain the operational taxonomic units (OTUs). See Supplementary Tables SB, C for more information on the sequence count in each step of the bioinformatics analysis. OTU’s taxonomic assignment was performed using the classify-consensus-vsearch method (Rognes et al., 2016) of the feature-classifier plug-in in QIIME2 (github.com/qiime2/q2-feature-classifier) (Bokulich et al., 2018). 16S sequences were compared against the SILVA SSU r132 database (arb-silva.de) (Quast et al., 2013), and ITS2 sequences, against UNITE 8.0 (unite.ut.ee) (Kõljalg et al., 2013).
The diversity of bacterial and fungal communities was estimated via alpha and beta diversity using rarefied tables of relative abundance of OTUs at a 97% sequence similarity cutoff (Morris et al., 2014). Alpha diversity (diversity within samples) was estimated by Chao1 (richness measurement), Simpson (dominance measurement), and Shannon (diversity measurement that considers both richness and dominance) indices, that were calculated applying the q2-diversity plug-in in QIIME2 (github.com/qiime2/q2-diversity). For beta diversity (degree of community differentiation between samples), rarefied OTU tables were square-root transformed, and similarity matrices were constructed applying the Bray–Curtis method using vegan package version 2.5-6 in R (github.com/vegandevs/vegan) (Oksanen et al., 2019). Nonmetric multidimensional scaling (nMDS) diagrams were built for the visualization of resemblance matrices using ggplot2 package version 3.2.1 in R (github.com/tidyverse/ggplot2) (Wickham and Chan, 2016).
2.8 Statistical analysis
Triplicates measurements (n = 3) were used for the mean and standard deviation calculation of all physico-chemical parameters and alpha diversity values. For 16°C, the average and standard deviation of the mean values of the three HDPE loops (n = 9) were calculated since the three loops were subjected to the same conditions during the growth phase. Shapiro–Wilk tests were used to test the normality of the datasets. Nonparametric Kruskal–Wallis tests were performed to detect significant differences between temperatures and different management strategies. If significant, differences between samples were compared pairwise by performing a Mann–Whitney U test. The analysis of similarities (ANOSIM) was calculated using the Bray–Curtis distance matrices based on OTU’s relative abundance to test for beta diversity significant differences. The global-R statistics in ANOSIM was calculated to determine the impact of the temperature increase under different management strategies (Anderson and Walsh, 2013). All statistical tests were carried out using R 3.6.1 (r-project.org) (Team, 2014), and differences were considered statistically significant when the p-value was ≤0.05.
3 RESULTS
3.1 Water physico-chemical analysis
Results of water quality parameters measured through the experiment are shown in Supplementary Table SD. Water temperature showed stable average values close to 16 and 24°C selected for the experiments. pH was near neutral, showing values fluctuating from 6.67 to 7.47. Disinfectant residual concentrations showed higher average values of total and free chlorine on day 0 at 16°C (total chlorine = 0.91 mg/L, free chlorine = 0.89 mg/L) and in loop 1 at 24°C (total chlorine = 0.80 mg/L, free chlorine = 0.68 mg/L), a consequence of the disinfection regime applied to the system before the start of the experiment, and of the hyperchlorination carried out in this loop. Then, the concentration of disinfectant was slightly higher in the test at 16°C (total chlorine ranging from 0.17–0.21 mg/L, and free chlorine 0.17–0.09 mg/L) than in the tests at 24°C (total chlorine ranging from 0.11–0.21 mg/L, and free chlorine 0.03–0.11 mg/L). While this suggests additional chlorine decay at the higher temperature, when the values were statistically compared, no significant differences were observed.
TOC values did not show marked fluctuations during the experiments ranging from 1.16 to 1.50 mg/L, and no statistically significant differences were found. This includes no change in response to the final flushing, suggesting measurable TOC is not mobilized from the pipe wall/biofilm under any of the conditions studied.
Similar iron and manganese values were observed during all growth phases, with iron ranging from 41.3 to 59.3 μg/L and manganese from 0.39 to 0.58 μg/L; no significant differences were found. As expected, post-flushing showed increased concentration of these metals due to mobilization from biofilm-mediated pipe-wall accumulations. The average values show a greater increase in concentrations after the experiments at 24°C than at 16°C (Supplementary Table SD). Statistical tests showed significant differences in the concentration of both metals (Kruskal–Wallis test, p-value > 0.05), and pairwise comparisons confirmed significant higher values (Mann–Whitney U tests, p-value ≤ 0.05) at 24°C after all management strategies than at 16°C. See Supplementary Tables SE, F) for more details on the results of the statistical analysis. These results show accelerated accumulation of iron and manganese at the pipe wall due to the increased temperature.
3.2 Turbidity
Results from the online turbidity measurements showed similar average values during the growth phases of each loop at each temperate. Representative values from the final 24 h of the growth phases were 0.041 to 0.043 ± 0.03 NTU (where the diurnal pattern of shear stress (τ) = 0.1–0.3 N/m2). As with the physio-chemical results (Supplementary Table SD), this confirms that the loading from the bulk water during all the growth phases was consistent and directly comparable.
During the flushing events, when the shear stress was increased in four steps, different turbidity responses were observed for each of the treatments (Figure 3). In stage 1 (τ = 0.4 N/m2), the turbidity response at 16°C and 24°C after flushing-hyperchlorination and only flushing showed similar values. At 24°C, after transition (i.e., no treatment), a slightly higher value was observed, but no significant differences were found. Turbidity responses in stages 2 (τ = 2.3 N/m2) followed a similar trend, but in this case, turbidity at 24°C after transition showed a much higher average value compared to other responses at 16 and 24°C (although with significantly greater standard deviation than any other data point), and these differences were significant (Kruskal–Wallis test, p-value ≤ 0.05; Mann–Whitney U tests, p-values ≤ 0.05). In stage 3 (τ = 3.4 N/m2) and stage 4 (τ = 4.3 N/m2), the highest turbidity response was recorded at 24°C after transition, followed by 24°C after only flushing and flushing-hyperchlorination. The lowest turbidity response was observed after 16°C, and the differences in turbidity responses between 16 and 24°C, after all the different management strategies (Mann–Whitney U tests, p-values≤ 0.05) were significantly different. In addition, higher values were observed at 24°C after transition than at 24°C after flushing-hyperchlorination or only flushing (Mann–Whitney U tests, p-values ≤ 0.05). No statistical differences were found for turbidity response in stage 4 between 24°C after flushing-hyperchlorination and only flushing. See Supplementary Tables SG, H) for more details on the results of statistical analysis.
[image: Figure 3]FIGURE 3 | Turbidity response during the last 24 h of the growth phase and during the last turnover (i.e., when the water with the mobilised material was mixed) of the 4 stages of the flushing events at 16°C [loop 1 (L1) and loop 2 (L2)] and at 24°C after different management strategies: flushing + hyperchlorination (F+C), only flushing (F) and transition (T). All values represent an average ± standard deviation.
Stepped flushing was used to observe the relationship between turbidity response and pipe wall layer strength. Previous research has found this to be a linear function for a variety of environmental factors, under controlled laboratory conditions and from operation systems (Vreeburg and Boxall, 2007; Husband et al., 2008; Sharpe et al., 2010; Husband and Boxall, 2011; Douterelo et al., 2013; Calero Preciado et al., 2021). Figure 3 confirms this finding for the conditions studied here, with good linear regression shown for all conditions. Comparing the gradients of the two 16°C experiments with the two 24°C experiments, it is clear that the increased temperature increases the amount of material accumulated and that this increase was at all-layer strength. The temperature did not show bias toward increased accumulation in weaker layers, as might have been expected when accelerating a process. The lack of any difference between “24°C–F + C” and “24°C–F” shows that the addition of the hyperchlorination stage did not have any beneficial effect in reducing the discoloration response. It should be noted that the “16°C + 24°C–T” effectively had double the growth period, 30 days at 16°C and then 30 days at 24°C. The gradient and final value of this data set is approximately double the other lines, suggesting that the processes of accumulation continued roughly linearly with time, despite the increased temperature, that is, there was no accelerated growth or accumulation of material due to leaving the biofilm after 30 days at 16°C intact.
3.3 SEM micrographs
SEM micrographs showed a visual observation of PWG coupons on day 0 and day 30 at 16 and 24°C after the different management strategies (Supplementary Figure SC). As expected, coupons taken on day 0 from all tests did not show biofilm attached to the surface. However, coupons collected at the end of the growth phase presented different biofilm surface coverage. After 30 days, at 16°C, small areas of the coupon were covered by biofilm, while after a further 30 days at 24°C and after the different management strategies were applied, bigger patches of biofilm accumulation were observed. In addition, some visual differences could be observed in the biofilm structures. For example, biofilm developed at 24°C after flushing-hyperchlorination visually presented a more regular and smoother structure when compared with those after flushing only biofilm, which showed a more irregular structure. Similarly, biofilms after the transition only showed a more developed, thicker (as expected, as these biofilms had effectively developed for a total of 56 days), and rougher structure.
3.4 Microbial community structure (bacteria and fungi)
3.4.1 Alpha diversity (diversity within samples)
Results from alpha diversity analysis for bacterial and fungal biofilm communities are shown in Supplementary Figure SD. Overall, on days 10 and 20 during the growth phases, biofilm bacterial communities did not show significant changes in alpha diversity indices, except on day 10 when Chao1 at 24°C after transition showed a significantly higher value compared with 16°C (Mann–Whitney U tests, p-value ≤ 0.05). On day 30 and considering post-flushing events, significant differences in all indices were observed (Kruskal–Wallis test, p-value ≤ 0.05) in the samples. On day 30, Chao and Shannon indices were significantly higher at 24°C after only flushing than at 16°C, while Simpson was lower (Mann–Whitney U tests, p-values ≤ 0.05). Samples from post-flushing events showed lower significant values of Chao1 and Shannon at 16°C than at 24°C after flushing-hyperchlorination (Mann–Whitney U tests, p-values ≤ 0.05).
The different treatments and the increase in temperature affected to a greater extent the diversity of bacteria when compared with fungi, and significant differences between treatments were observed in all indices at each sampling point (Kruskal–Wallis test, p-value ≤ 0.05). Samples at 16°C showed higher Chao1, lower Simpson, and higher Shannon compared to all samples at 24°C after all management strategies, except Chao1 on day 10 at 24°C after flushing-hyperchlorination. No significant differences were observed between samples at 24°C after the different management strategies.
Planktonic communities (Supplementary Figure SE) showed no significant differences in any index during the growth phases at 16 and 24°C after different management strategies for bacteria and fungi, again confirming consistent conditions in the bulk water for the growth phase of all treatments. However, in post-flushing samples, significant differences were found in the Chao1 index values for fungi, and in Shannon, for bacteria and fungi (Kruskal–Wallis test, p-value ≤ 0.05), confirming mobilization from the biofilm phase. When samples were compared pairwise, Chao1 in fungal communities was significantly lower at 16°C than at 24°C after all management strategies (Mann–Whitney U tests, p-values ≤ 0.05). The Shannon index was significantly lower in bacterial communities at 24°C after flushing-hyperchlorination than at 16°C. In fungal communities, Shannon was statistically lower at 24°C after transition than at 16°C or at 24°C after other two strategies (Mann–Whitney U tests, p-values ≤ 0.05). See Supplementary Tables SI-R for more details on the results of the statistical analysis.
3.4.2 Beta diversity (diversity between samples)
nMDS diagrams with the resemblance matrices at 97% similarity cutoff for bacteria and fungi communities at 16 and 24°C after different management strategies are shown in Figure 4. nMDS for biofilm bacterial communities shows the separation of samples in relation to temperature and management strategy. Different pairwise comparisons were explored statistically by ANOSIM analysis. The ANOSIM test showed statistically significant differences between temperatures and management strategies, with different levels of differentiation (Supplementary Table SS). nMDS of biofilm fungal communities showed a clear clustering of samples when the factor analyzed was the temperature. However, samples did not cluster according to different management treatments. This was confirmed by ANOSIM test results, which concluded that there were significant differences in the structure of the communities at 16°C compared to those at 24°C, but not between the communities at 24°C after the different management strategies (Supplementary Table SS).
[image: Figure 4]FIGURE 4 | Non-multidimensional scaling (nMDS) analysis based on Bray–Curtis similarity matrixes calculated with the relative abundance of bacteria and fungi at 97% cut off in biofilm and water samples at 16°C and 24°C after the different management strategies: flushing-hyperchlorination (F+HC), only flushing (F) and transition (T). Colours represent the different types of treatment applied and symbols the different sampling points. The 3 replicates per sampling point are represented.
Conversely, bacterial and fungal planktonic communities did not clearly cluster in relation to different temperatures and/or management strategies in nMDS plots, again confirming consistent growth phase conditions across all treatments. ANOSIM analysis showed that only bacterial community structure was significantly affected by the increase in temperature after different management strategies. Fungal communities showed no significant differences between temperatures and/or different management strategies (Supplementary Table SS).
3.5 Taxonomical analysis of biofilm communities
Differences in taxonomic profiles were observed between different temperatures and types of management strategies applied (Figures 5, 6). Biofilm bacterial communities at 16°C were dominated by a not-defined genus belonging to the family Burkholderiaceae (ranging from 0.1% to 59.11%), followed by other genera such as Pseudomonas (1.51%–35.97%), Methylonera (0.24%–22.71%), or Mucilaginibacter (5.31%–19.27%) during the growth phase or Sphingomonas (8.57%–24.91%) in samples post-flushing event. Biofilm community samples at 24°C after flushing-hyperchlorination were dominated by Pseudomonas (12.11%–73.54%), and other genera such as Phreatobacter (3.245–16.76%) and Sphingomonas (1.985–10.57%) presented high relative abundances. At 24°C, after only flushing, Pseudomonas continued to be the most abundant genus (21.28%–54.18%), although with lower relative abundance. Phreatobacter (0.50%–13.66%) and Sphingomonas (0.69%–9.93%) were also present with similar relative abundances, and other genera such as Aquabacterium (0.44%–15.82%) and Flavobacterium (0.255–17.82%) increased its relative abundances at 24°C after only flushing. At 24°C, after the transition, the relative abundance of Pseudomonas (12.53%–44.97%) decreased compared to communities at 24°C after other treatments, although it continued dominating the biofilm community. Sphingobium (2.26%–16.84%) and Flavobacterium (3.24%–16.07%) showed higher relative abundances at 24°C after the transition than after other management strategies. Other genera that considerably increased when the temperature was increased and after transition were Methyloversatilis (0.11%–26.82%) and Pelomonas (0.77%–10.14%) (Figure 5).
[image: Figure 5]FIGURE 5 | Relative abundance of bacteria at genus level (>1% of the total sequences) in biofilms from days (D) 10, 20, 30 and post-flushing (P–F) events at 16°C and 24°C after each management strategy: flushing -hyperchlorination (F+HC), only flushing (F) and transition (T). The 3 replicates (R1, R2, and R3) per sampling point are represented. Remaining genera were combined in category “Others”. Category “Unassigned” correspond to unidentified OTUs and “ND” means not defined at that level.
[image: Figure 6]FIGURE 6 | Relative abundance of fungi at genus level (>1% of the total sequences) in biofilms from days (D) 10, 20, 30 and post-flushing events (P-F) at 16°C and 24°C after each management strategy: flushing and hyperchlorination (F+HC), only flushing (F) and transition (T). The 3 replicates (R1, R2, and R3) per sampling point are represented. Remaining genera were combined in category “Others”. Category “Unassigned” correspond to unidentified OTUs and “ND” means not defined at that level. ✷ Samples that did not amplify during the sequencing process.
Focusing on the most abundant fungi taxa in biofilm communities (Figure 6), differences were also observed. At 16°C, during the growth phase on days 10 and 20, Cladosporium (13.45%–30.80%) together with Aspergillus (0.20%–19.26%) were the dominant genera. However, on day 30, fungal communities at 16°C were dominated by Fusarium (52.48%) and incertae sedis of Helotiales (9.04%). In post-flushing event samples, incertae sedis of Helotiales (10.96%–26.45%) together with Fusarium (0.50%–27.50%) and Rhodotorula (6.67%–12.48%) dominated the community structure. Biofilm fungal communities at 24°C after all management strategies were dominated mainly by Fusarium (51.34%–97.48%). At 24°C, after the flushing-hyperchlorination treatment, other genera such as Trichoderma (1.2%–66.68%) on day 10 or incertae sedis of Helotiales (2.15%–74.41%) in post-flushing events samples presented a high relative abundance. At 24°C, after only flushing, Fusarium appeared together with incertae sedis of Helotiales (4.34%–36.34%) on days 10 and 20. At 24°C, after transition, during the growth phase not-defined taxa belonging to the family Nectriaceae (1.23%–31.33%) increased its relative abundance, and in post-flushing event samples, incertae sedis of Helotiales (10.33%–26.92%) also presented a high relative abundance.
3.6 Taxonomical analysis of planktonic communities
The taxonomical profiles of bacterial and fungal planktonic communities showed differences in composition in relation to temperature as shown in Figures 7, 8. For bacteria (Figure 7) at 16°C on day 0, the not-defined Obscuribacterales (28.64%–34.48%) was the most abundant taxa, followed by Phreatobacter (2.50%–25.94%) and Methylobacterium (1.80%–15.27%). However, on day 10 and successive days, Burkholderiaceae ND (15.67%–59.02%) and Phreatobacter (13.56%–66.02%) were the dominant members of the community. In the post-flushing event samples, Phreatobacter (22.375–62.24%) together with Pseudomonas (0.12%–37.24%), Burkholderiaceae ND (9.275–13.47%), and Sphingomonas (5.66%–9.66%) dominated the community structure. Planktonic bacterial communities presented very similar profiles at 24°C after all management strategies. The most abundant taxa overtime during the growth phases and post-flushing events were Phreatobacter (38.65%–92.84%), Sphingomonas (6.05%–37.29%), and Nevskia (1.62%–16.53%).
[image: Figure 7]FIGURE 7 | Relative abundance of bacteria at genus level (>1 % of the total sequences) in water samples from days (D) 0, 10, 20, 30 and post-flushing (P-F) events at 16°C and 24°C after each management strategy: flushing and hyperchlorination (F+HC), only flushing (F) and transition (T). The 3 replicates (R1, R2, and R3) per sampling point are represented. Remaining genera were combined in category “Others”. Category “Unassigned” correspond to unidentified OTUs and “ND” means not defined at that level.
[image: Figure 8]FIGURE 8 | Relative abundance of fungi at genus level (>1 % of the total sequences) in water samples from days (D) 0, 10, 20, 30 and post-flushing (P-F) events at 16°C and 24°C after each management strategy: flushing and hyperchlorination (F+HC), only flushing (F) and transition (T). The 3 replicates (R1, R2, and R3) per sampling point are represented. Remaining genera were combined in category “Others”. Category “Unassigned” correspond to unidentified OTUs and “ND” means not defined at that level. ✷ Samples that did not amplify during the sequencing process.
For fungi (Figure 8), a high percentage of unassigned sequences (3.58%–97.11%) was observed in all the samples. Despite all the profiles being similar, some changes were observed in the relative abundance over time with temperature and with the management strategy applied. At 16°C, Helotiales incertae sedis (1.24%–82.84%) and Cladosporium (2.59%–22.74%) were the predominant taxa over time. On day 0 samples, they appeared with unidentified taxa belonging to the family Fomitopsidaceae (6.685–21.21%), and on day 10 samples, together with Cadophora (1.98%–60.26%). On day 20 and post-flushing event samples, Fusarium (3.74%–7.77%) and Pyrenochaeta (1.53%–7.33%) presented high relative abundances. On day 30, any water replicate amplified for fungi.
At 24°C after all management strategies, Helotiales incertae sedis (1.245–82.84%) and Cladosporium (2.595–27.97%) continued to be the most abundant taxa during the growth phase in all the samples analyzed. These two taxa appeared in all samples together with Fusarium (1.71%–29.87%), which presented higher relative abundance compared to 16°C samples. On day 0 samples, after all management strategies, Debaryomyces (3.76%–35.17%) and a not-defined Fomitopsidaceae (2.38–20.50%) also presented a high relative abundance. On day 10, after flushing-hyperchlorination and after only flushing, Pyrenochaeta (5.09%–14.06%) was relatively abundant. On day 20, after only flushing and after transition, the increase of not-defined Nectriaceae was notable (6.41%–13.26%). In post-flushing event samples, Helotiales incertae sedis (5.46–26.31%), Cladosporium (5.83–32.99%), and Fusarium (20.61%–37.36%) dominated the structure of fungal communities, together with Rhodotorula (1.67%–16.51%) that increased its relative abundance.
4 DISCUSSION
4.1 Effect of increased temperature and management strategies on physico-chemical analysis and water discoloration
The pipe loop that experienced the temperature transition without any management intervention resulted in roughly double the amount of biofilm mobilization and discoloration compared with the loops where the interventions were imposed. The control strategies significantly reduced the discoloration potential when the temperature increased. However, there was little difference between the two management strategies.
The amount of material (measured as turbidity) mobilized by the flushing was greater for 30 days of regrowth at 24°C than 30 days of growth from a clean pipe at 16°C. The SEM micrographs were in accordance with this observation, showing higher biofilm surface coverage on coupons developed after 30 days’ regrowth at 24°C. This further confirms that discoloration is a biofilm-mediated process, as set out by Husband et al. (2016). Pintar and Slawson (2003) and Liu et al. (2016) also observed that warmer temperatures due to seasonality favored microbial growth rate in other DWDS, promoting biofilm formation. The iron and manganese increase in the bulk water due to the initial cleaning was ∼45–50 μg/L and 0.45–0.69 μg/L, respectively. After regrowth at the higher temperature the changes were 50 to 85 ug and 0.15 ug to 0.12 ug, respectively. This far greater mobilization of metals into the bulk water shows that the regrown biofilms at the higher temperature had accumulated significantly greater amounts of these metals. Higher biofilm activity has previously been associated with increased Fe and Mn accumulation (Ginige et al., 2011), supporting further the results from this study that the increase in water discoloration can be associated to enhance biofilm growth and the accumulation of metals under higher temperatures.
There was no difference in the turbidity, iron, and management response to flushing between the two management strategies applied. Thus, the application of flushing-hyperchlorination and only flushing were equally as effective in reducing the discoloration potential. Previous studies on DWDS showed that flushing is an effective mechanism to control biofilm accumulation and thus minimize discoloration potential (Vreeburg et al., 2008; Cook and Boxall, 2011). In addition, results from this study suggest that the hyperchlorination after a flushing event did not affect the biofilm regrowth capacity and/or quantity of material accumulated when the temperature increased, and thus did not decrease the discoloration potential. It has been widely established that microorganisms forming biofilms are more resistant and tolerate higher concentrations of disinfectant than planktonic communities (Bridier et al., 2011; Fish and Boxall, 2018; Inkinen et al., 2018; Zhang et al., 2019). Specifically, in DWDS, previous research found that high levels of chlorine can decrease bacterial concentrations or biofilm activity (Niquette et al., 2000; Hallam et al., 2001; Lin et al., 2017; Aggarwal et al., 2018). However, disinfectant residuals are not effective to avoid or prevent biofilm formation on the pipe walls, and even high concentrations can favor biofilm development (Srinivasan et al., 2008; Su et al., 2018) and increase the discoloration risk (Fish et al., 2020). The research carried out by Fish et al. (2020), in the same full-scale drinking water distribution test facility, showed the first conclusive evidence of increased discoloration due to a higher free chlorine residual (Fish et al., 2020). We can conclude that temperature increase leads to greater biofilm development and higher metal accumulation, which favors the potential of water discoloration, and that flushing alone was as effective as flushing plus hyperchlorination at mitigating this risk.
4.2 Influence of temperature increase and different management strategies on biofilm microbial communities
Results from this study have demonstrated that temperature is a key factor affecting biofilm bacterial community structure in chlorinated DWDS and that the compositional changes observed were also dependent on the management strategy applied. In a previous study, where sections of a real DWDS in the north of the United Kingdom were subjected to flushing trials, the authors observed that the microorganisms remaining attached to the pipe wall after a flushing event were influencing the regrowth of biofilm (Douterelo et al., 2014b). Thus, changes produced in bacterial biofilm communities during the cleaning processes applied in this study would have driven the differences observed in these communities at higher temperatures. The most notable change in biofilm bacterial community structure was the high relative abundance of Pseudomonas at 24°C, especially after flushing-hyperchlorination and after only flushing, suggesting that these control methods favored the presence of this microorganism in biofilms. Pseudomonas spp. can synthesize large quantities of EPS contributing to biofilm formation and growth (Irie et al., 2012; Liu et al., 2020). Its high relative abundance in this study and the potentially greatest production of EPS could have contributed to the more developed biofilms and the higher discoloration potential at 24°C. In addition, Pseudomonas is a ubiquitous genus that includes species considered opportunistic pathogens such as P. aeruginosa, which has been previously observed in DWDS and can cause severe infections in healthy or in immunocompromised people (Jurgens et al., 2008; Vaz-Moreira et al., 2012; Lu et al., 2016). Neither of the management strategies studied here has been effective to avoid its increase with the temperature rise, and further research is needed to understand the impact that the presence of Pseudomonas species can have on water quality.
Other genera including Flavobacterium, Sphingobium, or Methyloversatilis were also observed to increase when the temperature increased. Flavobacterium especially increased at 24°C after only flushing and after transition, and lower relative abundance was observed after flushing-hyperchlorination. This increase in Flavobacterium can be of public health concern since several species belonging to this genus are opportunistic pathogens that have been related to human infections (Geldreich, 1996; Waśkiewicz et al., 2014). Bremer et al. (2002) found a drinking water bioreactor where Flavobacterium spp. decreased in number in biofilm samples when it was exposed to different free chlorine concentrations and concluded that this genus has a low resistance to disinfectant compared with other genera. Considering the previous study, it could be suggested that the high concentrations of chlorine during the hyperchlorination treatment in this study affected Flavobacterium negatively, preventing its proliferation when the temperature increased.
Two other genera that increased their relative abundance at higher temperatures in this study were Sphingobium and Methyloversatilis. These genera play an important role in antimicrobial resistance processes since they can be reservoirs of antibiotic-resistance genes (ARGs) in DWDS (Vaz-Moreira et al., 2011; Narciso-da-Rocha et al., 2014; Ma et al., 2017). Since the highest relative abundance of these two genera was observed at 24°C after transition (no treatment), it can be concluded that the application of invasive management strategies (i.e., flushing or flushing together with hyperchlorination) prevents the increase of microorganisms of public health concern.
The structure of fungal communities in biofilms was also affected by the temperature increase, but no significant changes were observed between management strategies. Fungi are morphologically more complex and robust than bacteria, making them more resistant to environmental change (Begon and Fitter, 1995; Denham et al., 2019). Previous studies on DWDS have shown that fungi in a biofilm are not significantly affected by different chlorine regimes and that several species are resistant to different disinfection methods such as UV, chlorine, or ozone (Hageskal et al., 2012; Fish and Boxall, 2018). However, our results suggest that temperature can affect the structure of biofilm fungal communities in chlorinated DWDSs, while they show a high tolerance to hydraulic changes produced by flushing or hyperchlorination. Therefore, in a scenario of temperature increase, the structure of fungal communities will change in the same way regardless of the management strategy applied in the system.
Overall, biofilm fungal communities at higher temperatures showed less richness and diversity, and Fusarium was the dominant genus when temperature increased after all management strategies. This result is of concern since several Fusarium species are important plant pathogens and some of them also produce mycotoxins that cause severe human infections such as fusariosis, affecting mainly immunocompromised patients (Sautour et al., 2012; Abdel-Azeem et al., 2019). Moreover, the results reported here showed that Fusarium was predominant in biofilms regardless of the applied management strategy, suggesting that none of these methods is effective at modifying the fungal communities in DWDS biofilms when the temperature increases. Future research using molecular tools such as qPCR and alternative control strategies can help to determine which Fusarium species are favored at a higher temperature, aiding to evaluate the risk, as well as a better understanding of the adaptability of this genus to conditions in DWDS.
4.3 Influence of temperature increase and different management strategies on planktonic microbial communities
Temperature increase had a significant effect on planktonic bacterial communities, although less marked than in biofilm communities. This lower effect is probably because planktonic cells are less protected than biofilms against disinfectant action, and thus, they are effectively controlled in chlorinated DWDS (Schwering et al., 2013; Prest et al., 2016). It should be noted that our experimental system had a continual trickle feed renewal of the planktonic inoculum from the local water supply network, which was unchanged between the two 30-day growth phases. This will have restricted the change in the planktonic community compared to a complete supply system operating at a higher temperature. Other studies have also shown changes in planktonic bacterial communities in DWDS related to temperature. For example, McCoy and VanBriesen (2014) and Douterelo et al. (2017) observed a seasonal effect on planktonic communities in real DWDSs, in the United Kingdom and the United States, respectively. The most notable change with the temperature rise was the increase in the relative abundance of Phreatobacter and Sphingomonas bacteria and Fusarium and Cladosporium fungi. Phreatobacter is a relatively new genus; it had been isolated from an ultrapure water system in a Hungarian power plant (Toth et al., 2014), and chlorine concentration or residual biodegradable organic matter in drinking water influenced the relative abundance of Phreatobacter in other DWDSs (Stanish et al., 2016; Rahmatika et al., 2020). From this study, it can be concluded that temperature is a key factor that determines the relative abundance of this novel genus in chlorinated DWDS.
Sphingomonas sp. genus has been widely observed in DWDS, and its presence has been related to nosocomial infections in immunocompromised individuals (Steinberg et al., 2015). Thus, the enhancement of the presence of this genus in bulk water samples caused by higher temperatures could lead to water safety problems. Similarly, species of Cladosporium have been related to skin and pulmonary infections in humans (Tamsikar et al., 2006; Novak Babič et al., 2017). Therefore, although fungi are more resistant to environmental changes (Denham et al., 2019), the temperature can affect the abundance of certain genera including some that can produce mycotoxins including Aspergillus, Alternaria, Penicillium, Fusarium, Cladosporium, Malassezia, and/or Trichoderma, which have been found in this study, in both biofilm and water samples. These results show that more studies are needed on these organisms in DWDS for a better understanding of their negative implications on water safety, particularly as we face warmer temperatures due to climate change.
4.4 Overall reflections
We can conclude that different management strategies can modify bacterial community structure in biofilms when temperature increases, but not fungal communities in chlorinated systems made of HDPE pipes. Planktonic communities were less affected by changes in temperature, while the different biofilm management strategies affected subsequent biofilm development. The selection of the correct maintenance method for DWDS, applied with an optimal frequency, can significantly reduce the amount of material accumulated and the presence of microorganisms in these systems (Ellison, 2003; Ainsworth, 2004). This research is part of the first steps in understanding the effect of different management techniques on the microbial communities of these systems under an increase in temperature. Further studies are needed due to the increasing use of other emergent methods that may have a different effect on the biofilm mobilization. For example, Pourcel and Duchesne (2020) observed differences in the mobilization of material from the DWDS pipes between the application of flushing and air scouring, and Jurek Vidlářová and Heviánková (2021) demonstrated differences in the efficiency on removing material from drinking water pipes when they compared different maintenance methods, including unidirectional flushing, air scouring, and ice pigging.
These results reinforce the importance of considering biofilm communities in cleaning and management strategies in DWDS and demonstrate that current legislation based on surveillance of a number of tap water samples of the bulk water only is not providing a complete picture of the overall ecological condition of these vast and essential systems, and therefore, regulatory requirements for future water quality monitoring should include biofilm sampling and analysis.
5 CONCLUSION
This study provides new insights into the consequences of higher temperatures on chlorinated HDPE drinking water distribution networks under different biofilm management strategies and its impact on water quality and safety. This research is essential to inform mitigation strategies, control risks, and adapt this fundamental transport infrastructure to prevent the effects of unavoidable climate change. Specifically, this research developed in a full-scale drinking water distribution test facility has shown that in chlorinated HDPE pipes
• temperature increase in DWDS increased the rate of biofilm development and increased the potential for discoloration;
• the increase in temperature without any intervention increased the relative abundance of several bacterial and fungal genera able to compromise water safety; these included Pseudomonas, Flavobacterium, Sphingobium, Sphingomonas, Methyloversatilis, Fusarium, and Cladosporium. Only flushing and flushing-hyperchlorination were equally effective at mitigating further increase of these microorganisms;
• the absence of mechanical and/or chemical treatment when temperature increased (i.e., transition strategy) resulted in greater discoloration and more adverse microbial communities. Hence, a biofilm management strategy is recommended under a temperature increase scenario to control biofilm communities and minimize water quality problems;
• the application of hyperchlorination and flushing or only flushing prior to the increase in temperature resulted in similar discoloration response; thus, the addition of hyperchlorination was not beneficial.
The increase in temperature influenced the complete biofilm community structure, whilst the management strategy influenced only the bacterial community not the fungi.
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