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Introduction

The presence of micro- and nano-plastics (MNPLs) in the environment has increased significantly in the past decades. However, the direct impact of MNPL particles on human health remains unclear.





Methods

In this study, we utilized a modified extraction method with a previously reported staining technique to develop a novel approach for identifying individual plastics in mixtures of MNPLs of commercial and environmental origins to be able to investigate their impacts on human cell inflammation and cell death. Polypropylene (PP), polyethylene (PE), polystyrene (PS), and polyethylene terephthalate (PET) were the plastics analyzed. The plastic composition of the environmental MNPLs was characterized using multiple analytical techniques, including Fourier transform infrared spectroscopy, confocal imaging, scanning electron microscopy, and X-ray diffraction.





Results

We found that both commercial and environmental MNPLs, especially PET, impose a strong inflammatory response on various human cells and tissues. At 1 mg/mL, they robustly stimulate inflammatory IL-1β and IL-6 secretion in a time-dependent manner. Importantly, we observed that the MNPLs induced variable inflammatory responses in cells depending on their plastic composition. Environmental samples rich in PET showed a strong dose-dependent response and induced IL-1β secretion at doses as low as 100 ng/mL. In addition, MNPLs can induce human cell death with or without obviously altering the cell morphology.





Discussion

These findings are significant because they represent the first instance of authentic MNPLs being collected from ecological water samples for characterization and the first time the direct influences of commercial and environmental MNPLs have been compared in human cell studies. The methods developed in this study provide a foundation for future research to isolate MNPLs from the environment and explore their potential impacts on human health and disease development.
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Introduction

Plastics are synthetic polymers present in nearly all man-made items ranging from beverage bottles and food wraps to electronics, cosmetics, and automobiles. Almost every facet of our lives has been touched by plastics. Global production of polymer resins and fibers reached 380 million metric tons in 2015 (1, 2). Less than 10% of these polymers had been recycled as of 2015, and ~79% of them, over 6,000 million metric tons, ended up in landfills (3). During a potentially centuries-long afterlife as trash, this polymeric debris is slowly degraded into microplastics (MPs, 1 μm to 5 mm) and nanoplastics (NPs, 1 nm to 1 μm) through mechanical weathering, photodegradation, and microbial activities, and eventually released into the environment through natural weather processes and human activities (4). Micro- and nano- plastics (MNPLs) are the most numerically abundant plastic debris found in our environment (5). A large portion of these MNPLs ultimately find their way into drinking water sources and waterways used by humans for commercial and recreational purposes (4). It has been estimated that 74,000 to 121,000 MNPL particles are consumed annually by individuals in the United States through the digestive and respiratory systems with recent studies reporting significant amounts of MNPL particles in the blood and feces of healthy Americans (6–8). As the plastic problem continues to escalate, there is an urgent need to determine the impacts of MNPLs on human health.

Chronic exposure to environmental xenobiotics and pollutants has been found to result in systemic inflammation and chronic disease in living organisms (9–16). In animal species, reduced fecundity in copepods and developmental effects in urchin embryos exposed to MNPLs have been reported, as well as metabolic shifts toward glycolysis, reduced mitochondrial respiration and intestinal inflammation in rodents (17–20). In humans, MNPLs have been detected in a wide range of biological samples, tissues and organs, including feces, urine, blood, placenta, lung, intestines and liver (6, 21–26). Moreover, significant amounts of MNPL particles have been detected in people with inflammatory bowel disease (IBD), liver cirrhosis, and cardiovascular disease (7, 25, 27). Importantly, recent research found greater incidence of myocardial infarction, stroke, and death among patients undergoing carotid endarterectomy for high-grade carotid artery stenosis when MNPLs were identified within the atheroma (27). Together, these findings suggest that polymeric contaminants from food and water accrue in living tissue/organs and are associated with disease. However, it remains unknown whether MNPL exposure directly causes inflammation or disease.

An important goal of our study is to distinguish the health effects caused by exposure to commercial MNPLs versus environmental MNPLs, as microplastics exposed to the environment can adsorb and concentrate harmful pollutants (28–33). Studies have shown that the concentration of contaminants adsorbed onto a polymer is 106 times greater relative to the amount in solution (34). Moreover, it is speculated that environmental MNPLs can act as a vector and facilitate the entrance of toxic materials into living organisms through a cellular interaction acting as a “bridge” or “carrier” (28, 32). In the present study, we developed a novel approach for identifying individual plastics in mixtures of MNPLs obtained from commercial sources and environmental MPs obtained from natural water resources by combining a modified version of an established extraction method with a previously reported staining technique for laboratory plastics. The impacts of the commercial and environmental MNPLs on inflammation, cell morphology and survival were studied in parallel in human cell cultures.

Four types of major plastics – polypropylene (PP), polyethylene (PE), polystyrene (PS), and polyethylene terephthalate (PET) – were prepared or isolated from commercial and environmental water samples, respectively, and applied to human cell cultures. The MPs in major creeks and lakes that provide primary water sources for the Greater Denver Area region were investigated. Special attention was paid to locations where wastewater reclamation and sewage treatment plants are located. These locations were chosen based on accessibility, economic viability, and designation as residential versus commercial water sources. Boulder Creek and Boulder Reservoir are residential water sources. However, Boulder Creek has city run-off directed into it. South Platte River is a commercial water source with industrial and agricultural run-off. Marshall Lake is a recreational water source recently exposed to a large-scale wildfire, chosen to examine the impact of environmental disasters on the amount of plastics in bodies of water. The total amount of MPs, particle size, and plastic composition were examined for each location. Commercially available synthetically pure plastics were used for comparison. The commercial MNPL samples of each plastic type were sized to be < 400 nm or between the range of 400 nm-300 μm. This provided pure commercial MNPLs in both the nano and micro size ranges. The stability of the particles in solution and the upper size limit was confirmed by dynamic light scattering (DLS). The size range for DLS is 0.3 nm-10 μm (35–37). As such, the larger MNPL particles were imaged using scanning electron microscopy (SEM) to confirm their size. The structural integrity of the commercial polymer samples was analyzed using X-ray diffraction (XRD). The health effects of the MNPLs were studied in various human cell cultures, using both commercial and environmental samples. Their effects on human cell inflammation, cell morphology, cell apoptosis, and necrosis were investigated. We found that the environmental plastic samples induced variable inflammatory responses in cells depending on their plastic composition. PET, among the different types of plastics tested, exerted the strongest inflammatory responses in human cell and whole blood cultures. Both commercial PET and environmental plastic samples rich in PET induced cell death. Further, we observed that environmental MPs rich in PET induce more robust inflammatory responses, and more significant cell damage effects on human cell morphology and survival than commercial PET alone. In summary, with the new methods developed in this study our findings demonstrate that direct exposure to MNPLs has detrimental effects on human cells, and future studies are desired to investigate the impacts of chronic MNPL exposure on human health and disease development.





Results




Characterization of commercial MNPLs from commercial resources

To establish a standard method for identification of MNPLs from environmental water sources, we first generated MNPLs of PP, PE, PS, and PET origin using commercial resources. FTIR analysis was then conducted on the individual plastics. As expected, the FTIR analysis of the generated commercial MNPLs was consistent with previous literature, displaying the characteristic major peaks for each commercial polymer (Supplementary Figure 1) (38–40). Specifically, PE showed the four FTIR signals expected with the CH2 stretching frequencies showing up at 2915 cm-1 and 2850 cm-1. Furthermore, the fingerprint region shows the CH2 scissoring at 1465 cm-1 and the CH2 rocking at 720 cm-1. PP showed six FTIR signals as expected with the CH2 stretching frequencies showing up at 2915 cm-1, and 2840 cm-1. The CH3 stretching peaks are visible at 2950 cm-1, and 2855 cm-1. The fingerprint region shows the CH2 scissoring at 1465 cm-1 and the CH3 bending at 1375 cm-1. PET is easily distinguishable by FTIR due to the presence of the strong carbonyl peak at 1715 cm-1. The fingerprint region of PET shows the other two identifying peaks of the ester bond with the C-C-O stretch at 1230 cm-1 and the O-C-C stretch at 1095 cm-1. PET also shows the CH2 rocking peak at 720 cm-1. PS is also not difficult to identify from FTIR due to the aromatic CH stretching at 3025 cm-1. PS also shows CH2 stretching 2915 cm-1 and 2845 cm-1. The C-C stretching of the benzene ring is seen at 1600 cm-1. The fingerprint region of PS showed CH stretching of the aromatic ring at 1450 cm-1 and 1445 cm-1. The final dominating peak of PS is the ring bending peak at 690 cm-1. Distinguishing FTIR peaks of the individual plastics are given in Table 1. These dominating peaks were set as standards to analyze the plastic composition of the environmental samples and identify individual plastics. FTIR analysis can give a general idea of the polymers present in solution, however due to similarities in polymer backbones a more specific method of identification is necessary. Staining polymers with fluorescent dyes has recently become a popular method of identification due to the ability to image the polymers through fluorescent confocal microscopy (41–45). To confirm the polymers identified by FTIR, as well as establish a method of estimating the amount of individual commercial plastics in each environmental sample, we stained the generated MNPLs with 4-dimethylamino-4’-nitrostilbene (DANS) and imaged them using fluorescence confocal microscopy. As shown in Figure 1, each MP appeared as a specific color under UV illumination (Figures 1A, B) and could be identified using fluorescent confocal microscopy based on the differing fluorescence spectra after staining (Figures 1C–F). The fluorescence spectra for each polymer after staining matched what was previously reported. The polymers identified in the microscopy images were colored based on the color they appear under UV-light. The findings of PP: blue, PE: green, PS: yellow, and PET: red were consistent with what was previously reported (41).


Table 1 | Major FTIR peaks for identification of standard commercial plastics.






Figure 1 | Fluorescent images of DANS-stained commercial MNPLs in DI water. (A) Image of commercial MNPLs stained using 4-dimethylamino-4’-nitrostilbene (DANS) fluorescent dye suspended in DI water, no UV illumination. (B) Image of stained commercial MNLPs using DANS fluorescent dye suspended in DI water, illuminated by UV LED. (C–F) Fluorescent confocal microscopy images of stained commercial plastics. (C) for PP, (D) for LDPE, (E) for PS, (F) for PET.



It is well established that plastics have solubility issues and tend to coagulate and settle out of solution (36, 37). With this in mind, the commercial plastic solutions were also analyzed using DLS, SEM, and XRD. The commercial solutions with MNPLs that were < 0.4 μm in size were analyzed by DLS to confirm their size and examine their stability in solution. The DLS data revealed that the MNPL particles in solution were below the target size limit. Cumulant analysis was performed and the PDI reported was low (< 0.7) (Supplementary Figure 2). This indicates our size selection was effective and that the MNPL particles in solution are < 0.4 μm. The range of DLS is 0.3 nm-10 μm (37). This limited the number of MNPL solutions that could be analyzed by DLS. Solutions stored for extended periods of time (weeks to months) showed signs of coagulation, based on an increase in the PDI observed (Supplementary Figures 2B, D, F, H). However, with brief vortexing, DLS data revealed the MNPL particles in solution remained within the target size range. To avoid major coagulation and size issues, these solutions were used quickly and vortexed prior to use to disperse the plastics as evenly as possible and break up any coagulum. SEM imaging also showed that the plastics particles were under the desired size limit. SEM was taken on the plastic fractions that were < 300 μm. As shown in Figure 2A–J, the SEM of the commercial plastics displayed the expected polymeric structures: strand-like pieces were identified for PE and PP, cubic rod-shaped pieces were found for PET, and spherical particles were found for polystyrene. The XRD data for the commercial plastics provided spectrums identical to previous research (Figure 2K) (46–49). The commercial plastics used for this analysis were the same as the ones used for cell testing, confirming the structural integrity of the commercial samples used.




Figure 2 | SEM images and XRD patterns of the commercial MNPLs and MPs obtained from the mock trial. (A–J) SEM Images of the commercial polymers and the MPs obtained from the mock trial: (A, B) SEM images of PP; (C, D) SEM images of PS; (E, F) SEM images of PET; (G, H) SEM images of PE; (I, J) SEM images of the mixture of MPs obtained from the mock trial after extraction. (K) Stacked XRD patterns of the commercial polymers and the mixture of MPs obtained from the mock trial after extraction.



Next, a mock trial was conducted to verify that we could identify individual plastics in a mixture and to analyze the effectiveness of our extraction method. The MNPLs of PP, PE, PS, and PET obtained were mixed in DI water. The mixture was then subjected to the extraction procedure outlined in Supplementary Figure 3. A Fenton oxidation was performed followed by density separation using brine. The Fenton oxidation was chosen because it has been reported to be milder than regular hydrogen peroxide oxidation and other acidic and alkaline procedures (50–52). It has also been reported to be non-damaging to the four plastics being used in this study (50, 52). As shown in Supplementary Figures 4A, B, most of the MPs of mixed origins were captured in the top layer after density separation (~ 85% recovery). A small portion (~ 7.8%) was retained in the bottom inorganic sediment layer. The remaining 7.2% was lost during filtration and purification, which is presumed to be primarily due to the loss of NPs with the use of a 25 μm filter for the mock trial. FTIR analysis of the MPs obtained from both layers of the density separation was compared to the IR spectra of the individual commercial plastics. The IR spectra from the mock trial allowed observation of a spectrum produced from a mixture of the standard plastics and provided us with an idea of how the peaks of each standard plastic would influence each other. As presented in Supplementary Figures 4C–E, the spectra obtained for the mock trial displayed the dominating peaks for each of the four commercial plastics as expected. The peaks for PP at 2950 cm-1 and 1375 cm-1 were clearly visible, as well as the peak for PE at 2850 cm-1. The peaks for PET at 1715 cm-1 and 1095 cm-1 were easily distinguished from others. The peaks for PS were slightly weaker in intensity, which agreed with the scans taken of the commercial polymers. Nonetheless, the peaks for PS at 3025 cm-1 and 690 cm-1 were observed. This data confirmed that the individual plastics could be identified and distinguished from a mixture using the dominating FTIR peaks listed in Table 1. Precautions were taken to prevent extensive plastic decomposition and functionalization during the extraction procedure by controlling our reaction time, temperature, concentration, and pH carefully. A small signal at 3300 cm-1 in the IR spectrum may indicate some moisture is absorbed during extraction. The FTIR of the MPs obtained from the mock trial provides evidence that little to no degradation or functionalization occurs to the plastics during the extraction procedure.

Analysis of the IR spectra obtained for the top layer of the density separation indicated that the MPs were of PP, PE, PS, and PET origins (Supplementary Figures 4C–E). FTIR analysis of the bottom layer revealed that it was primarily composed of PET particles (Supplementary Figures 4F). This suggests that PET was the only MP that was lost in a significant amount during the extraction (7.8% of total plastics, 32% of total PET added to the mock trial). This is not surprising, as PET and the brine solution used for the density separation have similar densities. The MPs in the top layer were further analyzed by DANS staining and viewed under a UV LED and imaged using a laser scanning confocal microscope. UV illumination alone confirmed the FTIR analysis and demonstrated that the colors of the individual plastics remained discernable even in a mixture. Similar to what was observed in the commercial plastics, each plastic presented a unique color in the mixture after the staining process: PP: blue, PE: green, PS: yellow, PET: red (Supplementary Figure 4G). Consistent results were obtained when the DANS-labeled MPs were observed in higher definition under a fluorescence confocal microscope (Supplementary Figures 4H–J). In line with the findings using UV luminescence, the individual fluorescence spectra for the four plastics could be separated using fluorescence confocal microscopy allowing imaging and specific identification of the MPs of PP, PE, PS, and PET origins in liquids after extraction.

SEM and XRD were also performed on the MPs obtained from the mock trial to confirm the IR and imaging results. The SEM images of the MPs obtained for the mock trial revealed polymeric material similar to that seen in the SEM of the commercial polymers (Figure 2I–J). This suggests minimal degradation or functionalization occurred to the plastics during the extraction procedure. The XRD data of the mixture obtained from the mock trial revealed that all four of the commercial polymers could be identified. The signal intensity was diminished, which may be due to the small amount of sample and the sample being a mixture. Nonetheless, the plastics were able to be identified indicating minimal decomposition and functionalization during the extraction procedure (Figure 2). This is in agreement with what was seen in FTIR. Together, these data confirm the validity of our extraction and identification methods.





Characterization of microplastics in water samples collected from the natural environment

Water samples were collected from multiple water sources in the Greater Denver Area, including Boulder Creek, Boulder Reservoir, Marshall Lake, and the South Platte River. Tap water from the University of Colorado campus and commercial bottled water samples were also collected. Next, the MPs were successfully isolated using the methods discussed above. As shown in Supplementary Figure 5A–D, the amount of MPs extracted varied among the water sources. The findings listed are in descending order of greatest to least volume: Marshall Lake had the most microplastics per volume, averaging approximately 1.47 mg/L, South Platte River had approximately 0.17 mg/L, Boulder Creek 0.12 mg/L, and Boulder Reservoir 0.059 mg/L. Tap and bottled water samples had the least microplastic volume with levels that were too insignificant to allow further analysis with FTIR, imaging, or biological study. FTIR analysis was performed on the extracted environmental MPs once dried. As expected, the IR spectra of the samples highly resembled the mock trial spectra and showed signals that matched the commercial polymers. The IR spectra of the environmental samples were analyzed for each MP using the selected identifying peaks as listed in Table 1. Figure 3 and Supplementary Figure 5E depict the IR spectra. Supplementary Figure 6 depicts the IR spectra obtained for each environmental location directly overlaid with the commercial polymer spectra for comparison. Figures 3A, C, E, G show that all samples exhibited peaks corresponding to PE and PP as indicated by peaks at 2850 cm-1 for PE and 2950 cm-1 and 1375 cm-1 for PP. Marshall Lake and South Platte River showed signals for PET with peaks at 1715 cm-1 and 1095 cm-1. Boulder Creek showed a peak at 1715 cm-1 indicating PET; however, the second standard peak was absent making it difficult to determine from IR alone if PET was present. Boulder Creek and Boulder Reservoir displayed signals for PS at 690 cm-1 and 3025 cm-1. As seen in the IR, a small amount of functionalization may have occurred to the environmental MPs shown by the differing peaks above 3000 cm-1, which may indicate an increase in hydrophilicity. However, this could be due to moisture being absorbed during the aqueous extraction. It has been previously reported that UV-weathered PET samples underwent oxidation and degradation (53). It has also been reported that all four commercial polymers can be degraded under environmental conditions (53–56). This suggests that environmental MPs exposed to sunlight and an aqueous environment containing bacteria and microbes undergo oxidation naturally. Due to the lack of evidence for functionalization in the MPs obtained from the mock trial, any functionalization observed is likely to have occurred in the environment.




Figure 3 | FTIR spectra and fluorescent confocal microscopy images of the environmental MPs obtained from local water sources surrounding the Greater Denver area. (A, B): Corresponding FTIR spectrum (A) and image of stained environmental MPs (B) obtained from Boulder Creek. (C, D): Corresponding FTIR spectrum (C) and image of stained environmental MPs (D) obtained from South Platte River (S Platte River). (E, F): Corresponding FTIR spectrum (E) and image of stained environmental MPs (F) obtained from Marshall Lake. (G, H): Corresponding FTIR spectrum (G) and image of stained environmental MPs (H) obtained from Boulder Reservoir.



As described above, DANS staining and fluorescence confocal microscopy were undertaken, allowing a complementary visual analysis and confirmation of the results from the FTIR analysis (Figures 3B, D, F, H). The fluorescence spectra were analyzed and compared to the standard for determination of polymer identity. Visual inspection allowed the amount of individual plastics in the environmental samples to be qualitatively quantified. The microscopy images of the Boulder Creek MPs exhibited large amounts of blue and green polymers representative of PP, PE, as well as a small amount of yellow polymers indicative of PS (Figure 3B). Although the IR of Boulder Creek also showed a minor peak around 1715 cm-1, it is missing the second standard PET peak in its IR spectrum. The confocal imaging did not observe any PET, providing strong evidence that the sample did not contain a significant amount (Figure 3B). The imaging of South Platte River (Figure 3D) indicated relatively even amounts of blue, green, and red polymers representative of PP, PE, and PET. Similarly, the images obtained for Marshall Lake indicated comparative amounts of blue, green, and red polymers representative of PE, PP, and PET (Figure 3F). Boulder Reservoir displayed a large number of plastic particles with fluorescence spectra representative PP shown by blue polymers. The sample also displayed a small amount of yellow and green polymers indicating the presence of PS and PE (Figure 3H). However, the amount of PE in the sample was relatively small compared to PP and PS, making it difficult to discern from the confocal images.

Further analysis of the confocal images revealed that the morphology and size distribution of the MPs from each water source differed. A large amount of aggregation and small polymer fusion was observed in some samples. Boulder Creek displayed large aggregates of PP and PE, as well as smaller sized particles of PS and PP (Figure 3B, Supplementary Figure 7A, B). South Platte River showed the largest amounts of aggregation indicated by larger particles and overlapping plastics shown by areas of blending colors (Figure 3D, Supplementary Figure 7C, D). Marshall Lake showed almost no aggregation indicated by smaller plastic particles and a more even particle size distribution (Figure 3F, Supplementary Figure 7E, F). Boulder Reservoir showed large aggregates of PP and more evenly sized particles of PE and PS. However, there was less overlap or aggregation between different plastics compared to Boulder Creek and South Platte River. This is likely due to the extremely small amount of polymeric material (Figure 3H, Supplementary Figure 7G, H). This aggregation or small polymer fusion may be due to the heat used during the staining process or during the drying process after staining as outlined in the procedure and previous literature (41). Of interest, this phenomenon appears to be less significant in the Marshall Lake sample (Figure 3F). This may be due to the large volume of plastics isolated in that sample. This variation does not hinder our ability to identify each plastic in the environmental samples, but does limit the ability to quantify the amount of each plastic accurately and precisely.

SEM and XRD were also performed on the environmental plastics. The SEM images of the environmental polymers show some differences when compared to the commercial polymers, however the individual polymeric structures are identifiable. The SEM images show that our polymer samples are within the desired size limits and there is a range of microplastics present in the samples. For polymers with long strands like PE and PP, strands longer than 300 μm were able to pass through the pores in rare instances (Supplementary Figure 8). Some surface degradation may be visible in the environmental polymers, however based on the results of the mock trial it likely occurred in the environment. Furthermore, the images of the environmental samples obtained resembled the imaging done through confocal microscopy. Larger pieces were obtained for South Platte River and Boulder Creek. Marshall Lake consisted of mostly smaller particles. Lastly, Boulder Reservoir had limited material but showed larger and smaller pieces that resembled PP and PS, in agreement with the microscopy study. XRD analysis on the environmental samples did not provide any significant data. This may be due to the extremely small amount of material available for testing or that the samples were subjected to extreme conditions in the environment.





Microplastics from environmental water samples change cell morphology and induce inflammatory responses in human cells

Various toxicological effects of MNPLs have been reported in different animal species (17–20). However, it is unknown how such particles directly impact human health and human cell physiology. Like other foreign substances, MNPLs, when entering the human body, are first encountered by the innate immune system in which inflammation is our body’s first line of defense (57–59). We therefore first assessed the inflammatory effects of the original microplastics collected from the environmental water samples on human cells. MPs collected from Marshall Lake and Boulder Creek were selected based on the type, quantity, and size distribution of the plastic particles under a microscope, compared to MPs collected from South Platte River and Boulder Reservoir. Furthermore, this enabled a comparative analysis of MPs from a commercial water source and a recreational water source which revealed differences in the major plastics detected. As shown in Figure 4A, MPs collected from Marshall Lake significantly altered the cell morphology and reduced cell density of human monocytic THP-1 cells. No obvious effect on cell morphology was observed for MPs collected from Boulder Creek. Interestingly, the microplastics collected from Boulder Creek and Marshall Lake both robustly induced inflammatory IL-1β and IL-6 secretion in the cells and the inflammatory responses increased with prolonged incubation time (Supplementary Figure 9). In a dose-response study with concentrations tested between 100 ng/mL to 1 mg/mL (Figure 4B), the microplastics collected from Marshall Lake showed a strong dose-dependent response and were effective in inducing IL-1β at a dose as low as 100 ng/mL. The microplastics collected from Boulder Creek presented a strong inflammatory effect at 1 mg/mL which gradually reduced at 100 μg/mL and disappeared at 10 μg/mL. The endotoxin inhibitor Polymyxin B (60), did not block the inflammatory effects of the microplastics on human THP-1 cells (Figure 4C), excluding the possibility of potential endotoxin contamination during microplastic purification.




Figure 4 | MPs from natural environment induce human cell inflammation. (A) Effects of the MPs on human cell morphology. (B) Dose responses of the MPs from the natural water samples on human cell inflammation. (C) Endotoxin inhibitor Polymyxin B (Poly B) does not block the inflammatory effects of the MNPLs on human THP-1 cells. Human monocytic THP-1 cells were treated for three to five days with MPs from the natural water samples. N = 3, Mean ± SD, *P < 0.05, **P < 0.01, ***P < 0.001 compared to vehicle control.







MNPLs from commercial sources induce inflammatory responses in various human cells and tissue

To identify the specific type (s) of MNPLs that mediate the inflammatory function in the water samples, we next characterized the effects of the commercial MNPLs of PP, PE, PS, or PET origin on inflammation in human THP-1 cells. As shown in Figure 5A, the commercial MNPLs of PET origin robustly induced inflammatory IL-1β release in the THP-1 cells and demonstrated a strong dose-response similarly to the MPs from environmental water samples. The inflammatory response remained intact in the presence of endotoxin inhibitor Polymyxin B (Figure 5B). However, unlike MPs collected from Marshall Lake which significantly impacted cell morphology and reduced cell density (Figure 4A, Supplementary Figure 10A), the MNPLs of PET origin did not alter cell morphology visibly (Supplementary Figure 10A). Considering that recent studies reported significant amounts of MNPL particles in the blood and feces of healthy people (6, 7), we next conducted experiments to explore the direct impact of the MNPLs on inflammation in human blood immune cells, whole blood, and human intestinal epithelial cells. The human peripheral blood mononuclear cells (PBMCs) and whole blood cultures are rich in various primary immune cells including monocytes and lymphocytes. We examined the inflammatory effects of the commercial MNPLs in PBMCs and whole blood cultures from healthy donors, two assays we routinely use to study innate immune responses (61, 62). Similar to what was observed in the monocytic THP-1 cells, commercial MNPLs with PET origin triggered a robust inflammatory response in the primary PBMC and whole blood cultures (Figures 5C, D). Again, unlike the MPs collected from Marshall Lake, commercial MNPLs with PET origin had no significant effect on the cell morphology of PBMCs (Supplementary Figure 10B). Next, we assessed the inflammatory impacts of MNPLs in human intestinal epithelial T84 cells. As shown in Figure 5E, we detected increased secretion of the inflammatory chemokine IL-8 in response to commercial MNPLs. Levels of IL-1β and IL-6 were undetectable in T84 cells (data not shown), which is consistent with an earlier report (63).




Figure 5 | MNPLs especially PET from commercial sources induce human cell inflammation. (A) MNPLs induce inflammatory IL-1β production in human monocytic THP-1 cells. (B) Endotoxin inhibitor Polymyxin B does not block the inflammatory effects of MNPLs on human THP-1 cells. (C) MNPLs induce inflammatory IL-1β production in human PBMC culture. (D) MNPLs induce inflammatory IL-1β production in human whole blood culture. (E) MNPLs induce inflammatory IL-8 production in human T84 intestinal epithelial cells. The cells or whole blood cultures were treated for three to five days with or without MNPLs from commercial sources. N ≥ 3, Mean ± SD, *P < 0.05, **P < 0.01, ***P < 0.001 compared to vehicle control.







MNPLs of commercial and environmental sources induce human cell apoptosis and necrosis

Given that MPs collected from Marshall Lake significantly changed the cell morphology of human THP-1 cells and PBMCs (Figure 4A, Supplementary Figure 10), we next carried out flow cytometry experiments to characterize the influence of the commercial and environmental MNPLs on cell death. The effects of commercial MNPLs of PET origin and environmental MPs from Marshall Lake were compared in parallel in human THP-1 cells. The cells treated with or without the plastic particles were stained with fluorophore-conjugated Annexin V and PI to differentiate the stages of cell death: cell apoptosis (Annexin V positive) and necrosis (PI positive). As shown in Figure 6, both commercial MNPLs of PET origin and MPs collected from Marshall Lake enhanced cell apoptosis (Annexin V positive staining) and necrosis (PI positive staining), in comparison to vehicle control-treated cells. Not surprisingly, MPs collected from Marshall Lake induced more cell death than the commercial MNPLs of PET origin, which is in line with the results from the cell morphology and inflammation study. The MNPLs of PET origin also induced cell apoptosis in human T84 cells as observed under a fluorescent microscope where the cells were stained with FITC-conjugated Annexin V (Supplementary Figure 11). However, consistent with the observations in THP-1 cells, the PET plastics did not affect the cell morphology visibly.




Figure 6 | MNPLs induce human cell death. (A) Effects of commercial MNPLs from commercial sources or MPs from environmental water resources on human cell death. Human THP-1 cells were treated with or without MNPLs from commercial (PET synthetic) or MPs from environmental water resources (Marshall Lake) for five days before the cells were stained with PI and Annexin V for flow cytometry analysis. (B) Statistical analysis of the flow cytometry data. Fold change of PI or Annexin V positive cells in vehicle alone- or PET- or plastics from Marshall Lake-treated samples over vehicle alone- treated samples (vehicle alone- treated samples were set as 1). N = 3, Mean ± SD, *P < 0.05, **P < 0.01 compared to vehicle control.








Discussion

Maintaining high water quality is fundamental for the health of the ecosystem and for preserving life on our planet. In a technologically advanced society this has become increasingly difficult due to our reliance on manufactured products such as plastics. Only recently has the ubiquitous presence of plastics and their degraded products, MNPLs, been recognized as an urgent planetary threat. As plastic production continues to escalate and a new era of nanotechnology beckons, there is an urgent need to characterize the composition and health risks of MNPLs in our environment.

Given their small size, separation and extraction of MNPLs can be challenging making obtaining a biologically relevant sample concentration problematic (64–66). As such, the objectives of this study were achieved in three steps. First, we generated new methods to extract and identify individual MPs from a mixed aqueous sample. Second, we extracted MPs from environmental water sources and characterized their plastic composition using both chemical and imaging analyses. Third, we assessed the direct effects of the environmental MPs in comparison to the commercial MNPLs on human cell inflammation, cell morphology, and cell survival.

In pursuit of our first objective, synthetically pure MNPLs of PP, PS, PE and PET were produced from commercial sources and analyzed with FTIR and confocal imaging to establish the standards for evaluation of the mixed plastic samples. The commercial samples were then analyzed with DLS, SEM, and XRD for structural analysis and confirmation of size. DLS data revealed coagulation occurs in the commercial MNPL solutions over time. Nonetheless the data confirmed the particles in solution remained below the target size limit. It should be noted that our intent was to mimic environmental conditions, and while coagulation was observed in our artificial environment, it likely would be seen in natural environments as well. The SEM performed on the commercial polymers confirmed the MNPLs were within the expected size ranges and their polymeric structures were intact. The XRD data matched previously reported data in literature and confirmed that the commercial polymers used for the cell testing were extended polymeric structures.

To develop a standardized procedure for extracting and identifying individual plastics in a mixed aqueous sample, a mock trial was used. The luminescence as well as the imaging results from the mock trial correlated nicely with the FTIR analysis of the plastic composition (Supplementary Figures 4G–J). Our findings indicate that FTIR analysis can reliably determine the presence of polymers but not their amounts, whereas UV illumination alone can broadly identify plastic composition in the stained samples, and fluorescence spectra can specifically identify individual plastics allowing for qualitative quantification. Spectral phasor analysis for quantitative analysis was performed on the fluorescence images obtained from the mock trial and four separate signals could be seen in the phasor plot. However, the ratio of the polymers changed significantly depending on the aliquot of MNPLs used. Due to this non-uniform mixing it was determined that the polymer ratios calculated were unreliable. As described in the Results section, we found a significant amount of plastic material was lost during the extraction process: 7.8% of PET due to its density and 7.2% of smaller MPs (< 25 μm) and NPs due to filtration. Therefore, the amount of MPs extracted from environmental water samples would not be representative of the total MNPL in the samples. It would, however, give us a rough estimate and allow for comparison of the amounts between sources. The SEM of the mock trial confirmed that the extraction procedure for the environmental polymers was successful. The XRD patterns of each commercial polymer were distinguishable in the XRD pattern obtained for the mixture of MPs from the mock trial. This confirmed that the crystallinity of these polymers was maintained after the extraction procedure, although the intensity of the peaks was reduced. This may be due to the sample being a mixture and the quantity of each polymer being reduced compared to a pure sample. At the present, it remains difficult to obtain 100% of the MNPL particles, specifically NPs, from environmental water sources due to filtration limitations and density concerns. Future studies with more rigorous separation techniques are needed for a more accurate quantification of the MNPLs in environmental samples. This increased accuracy will enable us to determine biologically relevant concentrations for future studies with MNPLs and their health risks.

In pursuit of our second objective, we selected four different water sources for analysis, as they represented major commercial and recreational water sources in the area. As stated above, these locations were chosen for accessibility and differences in major function. As before, FTIR was the initial probe into determining the identity of the MPs contained in the samples. Further analysis with DANS staining and fluorescence confocal microscopy was undertaken, allowing a complementary visual analysis. The SEM of the environmental samples showed polymeric material similar to what was seen in the mock trial (Supplementary Figure 8). Individual polymeric structures could be identified and the plastics were within the size limits of the sieves used. In some cases, long strands of either PE or PP made it through the pores of the sieves, however, these were rare. The XRD of the environmental samples did not provide any useful data, which may be due to the small amount of material or some degradation of the polymers. However, as mentioned above, the lack of degradation observed in the MNPLs obtained from the mock trial, suggests any degradation observed in the environmental samples likely occurred in the environment before extraction.

Analyzing the data allows for some interesting speculations as to why some water sources contain more of certain types of plastics. All four water sources showed signals for PE and PP. This is not surprising as these plastics are widely used, with PE being the most common plastic on earth (67). PET, a plastic used in manufacturing, packaging, and containers was isolated in two of the water sources: Marshall Lake and South Platte River. Both water sources are commercially used with South Platte River having industrial and agricultural runoff. Marshall Lake had the most MPs per volume. This could be explained by the Marshall Fire of 2021. Fire water and combustion product runoff flowed into the lake. PS, a plastic used for food transport and storage was isolated in two of the water sources: Boulder Creek and Boulder Reservoir, both recreational water sources. This is not surprising as Boulder Creek serves as a runoff for the cities of Boulder and Denver. Boulder Reservoir is a source of drinking water for Boulder City and, as expected, had the lowest concentration of MPs per volume. The absence or extremely small amount of PET in the recreational water sources could indicate this plastic is isolated to commercial sources. These basic observations may enable the categorization of water source pollution and facilitate targeted interventions to mitigate plastic pollution and waste.

In pursuit of our third objective, the direct influence of the environmental and commercial MNPLs on human cell inflammation, cell morphology and cell survival were assessed in various human cells including human cell lines and primary human PBMCs, as well as whole blood cultures. Marshall Lake representing a commercial water source and Boulder Creek representing a recreational water source were selected for side-to-side comparison due to their significant difference in plastic composition. Interestingly, we observed varied inflammatory responses between the two environmental water sources. We found that the MPs of Marshall Lake containing large amounts of PET were significantly more powerful in triggering inflammation in the cells than MPs of Boulder Creek containing mostly PP. Similarly, cell morphology was affected by the MPs from Marshall Lake, but not by MPs from Boulder Creek. And MPs collected from Marshall Lake induced a stronger dose response in inflammation than MPs collected from Boulder Creek. Altogether, these data confirmed a correlation of the composition of the plastic particles in environmental water sources with their biological activity. This finding is in line with what we observed in the commercial pure plastic samples where MNPLs of PET origin presented the strongest inflammatory effect among the four types of plastics tested. The exact mechanism remains unclear. However, it may be related to the unique chemical structure of the polymers and their recognitions by the innate immune system. In addition, although we observed that environmental MNPLs rich in PET can alter human cell morphology under a phase-contrast microscope, further studies are needed to fully characterize the impacts of MNPLs on cell morphology and differentiation. In summary, the comparison of inflammatory responses from the Fenton-treated environmental plastics to the pure commercial plastics showed similar inflammatory responses based on plastic composition. Specifically, environmental samples containing mostly PP, PE, and PS did not show extensive inflammatory responses, whereas the commercial PET samples and the environmental samples rich in PET both showed robust inflammatory responses. This provides evidence that any amount of functionalization that occurred in the environment, did not have a significant effect on the results we observed. Although, it may explain the slight increase in inflammatory response observed with environmental plastics, which may contribute to the environmental concern of MNPLs.

It is noteworthy that both MPs from Marshall Lake rich in PET and the commercial MNPLs of PET origin can induce cell death. The MPs from Marshall Lake changed human cell morphology significantly as observed under microscope. However, PET alone did not change cell morphology visibly. This indicates that PET is not the only biologically active substance in the MPs from Marshall Lake. Moreover, the mixed MPs from Marshall Lake induced more cell death than the commercial MNPLs of pure PET origin. Together, our results indicate MPs from environmental water samples in general pose stronger detrimental effects on human cells than pure commercial MNPLs. This may be due to their mixed plastic origin or possible contaminants on the surface. In fact, microplastics from environmental water samples are of mixed origins and may act synergistically. Moreover, many plastics incorporate chemical additives such as Bisphenol A (BPA), flame retardants and antimicrobial agents increasing potential toxicity (32). Although examination with Polymyxin B excludes the possibility of endotoxins or bacteria, these small plastic particles can become biofilms, adsorbing surfaces, sinks or carriers for volatile organic compounds (VOCs), heavy metals, and other contaminants in the environment potentially exacerbating inflammation (28–33). Release of the VOCs and heavy metals from polymeric materials occurs upon heating (33). This indicates some of the VOCs and heavy metals adsorbed onto the surface of the environmental polymers may have been released during the oxidation of the material. Further, while the oxidation treatment and density separation during the extraction process removed any freely dissolved organic and inorganic contaminants from the environmental samples, it cannot be ruled out that some environmental pollutants and chemical additives that are adsorbed onto the polymer surface or integrated into the polymer structure may remain after extraction. Furthermore, when spectral phasor analysis was performed on the environmental samples, the phasor plot displayed four signals, one for each polymer, as before, however the cloud of points for each polymer were larger indicating the spectral width had changed. This may indicate the surface of the environmental plastics was different than the commercial samples. Current research has shown that mixtures of MNPLs and VOCs are more toxic to living cells than the pure compounds, however the results are inconsistent (32). For example, Fu et al. found that copper with PVC MPs had significant increases in several toxicity parameters after ten days (68). On the other hand, Davarpanah et al. found that the toxicity of copper did not increase in the presence of PE MPs (69). This illustrates that the identity, size, and concentration of the MNPLs being studied, as well as exposure time are important variables when gathering significant data. Additional investigation into the development of methods for separating plastics from other non-plastic small particles is needed to avoid having a mixture of contaminants in the environmental samples and to isolate the specific effects of environmental MNPLs on inflammation or disease. Similarly, further research into defining methods where specific plastic contaminants can be separated, identified, and assessed to distinguish their effects from that of the MNPLs themselves would be of great interest.

In human intestinal epithelial T84 cells, MNPLs of all origins elicited similar inflammatory responses (IL-8). Unlike the THP-1 cells and PBMCs where MNPLs of PET origin induced robust amount of IL-1β, IL-1β production in the T84 cells were below detection. The different inflammatory responses to MNPLs between the macrophages and intestinal epithelial cells may be due to their distinct cell recognition mechanisms for plastic particles or intracellular inflammatory pathways. It is noteworthy that our inflammatory and cell apoptosis data of the intestinal cells align with several recent findings in which various plastic particles can affect the distribution of gut microbiota and inflammation, perturb colonic epithelial homeostasis and induce intestinal barrier dysfunction (19, 70, 71). Notably, fecal microplastics were found to be substantially more abundant in patients suffering from IBD than in healthy individuals (7). Altogether, these findings indicate a positive correlation between MNPLs exposure and the development of intestinal diseases. However, the underlying mechanism remains unknown and is worthy of further exploration.

In summary, in the present study, we combined chemical identification and biological assessment to first extract and identify environmental MPs from ecological water sources, and then compare their inflammatory effects in human cells in parallel to pure MNPLs from commercial sources. The doses used in the cell cultures may be higher than the daily amount we intake from food or drinks; however, MNPLs could potentially accumulate in the human body (6, 7, 21–27) and can exert a chronic and additive effect on human health (Figure 7). In fact, it is important to note that even with such a short incubation time in our study, induction of inflammation and cell death was observed for commercial and environmental MNPLs rich in PET. Moreover, inflammation induced by the plastics increased in a time-dependent manner in the cell cultures, suggesting a potential concern for chronic inflammation due to accumulated MNPLs in the human body. This is consistent with earlier findings that MNPLs were observed in living human tissue/organs whereas significant amounts were detected in patients with chronic diseases including IBD, liver cirrhosis and cardiovascular diseases (7, 25, 27). Whether long-term exposure to MNPLs directly contributes to the development of these chronic diseases warrants further exploration. In addition, studies on how the cells interact with MNPLs of different origins, the cellular uptake of MNPLs and the subsequent downstream signaling, as well as how the MNPLs interact with the human body are desired and worthy of future investigation. It is noteworthy that this study focuses on environmental MPs as environmental NPs were unattainable due to filtration limitations. Nevertheless, recent literature has shown that NPs may be more abundant and hazardous to human health due to the ease at which they can be absorbed by cells (72). Future studies focused on the isolation or identification of NPs for specific cell testing are also of interest. Overall, the health effects of MNPLs are a growing concern, and further research is needed to fully characterize them and assess their impact on the environment, human health, and disease development.




Figure 7 | A schematic diagram describing the impacts of chronic MNPL exposure on human cell inflammation and cell death, and their correlation to potential disease development. Debris from human-consumed plastics undergoes degradation over time, breaking down into MNPLs. MNPLs, when exposed to human cells, may directly stimulate the cells through interactions between the particles and the cell surface, or the cells can uptake small enough particles, triggering intracellular signaling pathways such as inflammation or cell death. Chronic exposure of the cells to MNPLs can lead to chronic inflammation and cell death, which, in the long run, may contribute to disease development. The diagram was created with BioRender contents.







Materials and methods




Antibodies and reagents

For cytokine measurements, the corresponding ELISA DuoSets kits for human IL-1β, TNFα, IL-6, and IL-8 were purchased from Bio-Techne (Minneapolis, MN). FITC-conjugated Annexin V antibody was from BioLegend (San Diego, CA). The Propidium Iodide (PI) solution was from Tonbo Biosciences (San Diego, CA). The Polymyxin B sulfate salt powder was purchased from Sigma Aldrich (St. Louis, MO).





Human cell lines

Human intestinal epithelial T84 cells and monocytic THP-1 cells were obtained from ATCC (Manassas, VA). The T84 cells were grown in DMEM/F-12 medium (1:1) supplemented with 10% FBS and 1% Penicillin-Streptomycin, and 1% glutamax. The THP-1 cells were grown in RPMI medium supplemented with 10% FBS and 1% Penicillin-Streptomycin. The cells were maintained at 37°C cell culture incubator with 5% CO2.





Preparation of standard MNPL particles from commercial sources

PP, PE, and PS were purchased in bulk from Sigma Aldrich. The standard PET was obtained from a clear commercial water bottle made out of the plastic (recycling code 01). These standard samples of pure PP, PE, PS, and PET origin were sized by making each a powder in an industrial grinder. The micro- and nano-sized powder samples obtained for each plastic were then dispersed in water and passed through a specific molecular sieve (300 μm, 100 μm, 25 μm, 0.4 μm) depending on the maximum size desired. The plastic that remained on the sieve was discarded and the water was evaporated under vacuum to afford the dry MNPLs with the size desired. The dried plastic samples were then stored in a 20 mL glass vial. This provided standard MNPL samples that were in the nano- and micro-size range. A small amount of each type of MNPL (40 - 50 mg) was kept for FTIR analysis, for use in the standardized mock trial to confirm the extraction method was viable for the environmental sources, and for staining and fluorescent imaging. The remaining dried MNPLs were then dispersed in a phosphate buffered saline solution, refiltered, and used for cell testing. Initial concentrations ranged from 0.2 - 10 mg/mL.





Mock trial for extraction of microplastics from water sources

5 - 10 mg of each standard plastic (equal amount from each size range) were combined and dispersed into 3.5 Liter (L) of H2O. The water was allowed to sit for three days and shaken vigorously throughout that time to ensure the plastics were as evenly dispersed in the water as possible. The water samples were then filtered through multiple metal sieves of various sizes (300 μm, 100 μm, 25 μm) to obtain all the material between 300 - 25 μm. The extraction of microplastics was performed using an innovative combination of established methods (50, 51, 73). The Fenton Oxidation was performed on the solid material obtained in order to remove all the bio-organic matter (plant material, bacteria, micro-organisms). This was done using a source of iron (II), in this case iron (II) sulfate (20 mL of 0.05 M solution), and 20 mL of 30% hydrogen peroxide solution. Fenton oxidation was chosen as it has been reported to be milder than pure hydrogen peroxide oxidation and less damaging to polymer material than reported enzymatic, acidic, and basic digestion procedures (50). In order to prevent extensive plastic decomposition and functionalization the reaction time, temperature, concentration, and pH were controlled carefully. It has been previously reported that time scales of under four hours at 140°C, lead to little or no mass loss in the four polymers used in this study (51). For this reaction, the temperature was kept at or below 75°C and the reaction time was one hour or less, as outlined in the cited literature (73). Under these conditions it has been reported that the mass loss of plastics is under 5-10% (50–52). Our mock trial was in agreement with this showing a mass loss of 7.2%. Additionally, the concentrations of iron and H2O2 were controlled at levels that were previously reported to be non-damaging to the plastics (50, 51, 73). Lastly, previous research has shown, the optimal pH for the Fenton reaction to limit polymer degradation and functionalization is 3-4 (51, 74). For this reaction the pH was maintained at approximately 3.5 for the duration of the reaction. The pH was maintained using small amounts of H2SO4 and NaOH, as it has been previously reported that H2SO4 is less damaging to the plastics than mineral acids (50, 51). This was followed by density separation using a saturated NaCl solution, brine, to separate heavier particles, including inorganic salts and sediment particles, from the MPs that have low density and float in the brine solution. Although brine and PET have similar densities, NaCl was used for the density separation as it has been previously reported to be the most affordable, environmentally safe, and significantly dense to separate a majority of commercial plastics, compared to solutions of ZnCl2, NaI, and CaCl2 (75). Furthermore, we attempted a mock trial with a saturated ZnCl2 solution and the amount of plastic did not significantly increase and a small amount of PET was still lost. The sample was passed through the 25 μm molecular sieves one more time to collect all the MPs greater than 25 µm. MNPLs of sizes < 25 µm were not collected due to the large amount of water and the inability to separate them from the salt dissolved in the water. The plastics were allowed to dry on the molecular sieve and then collected using a forceps and spatula into a pre-weighed vial for characterization and use in cellular studies.





Collection of microplastic particles from local water sources

Once the extraction method as described above was established using the mock trial, it was applied to purify microplastics from water samples in the natural environment within the Greater Denver area. In brief, three samples (9 gallons each) from each site (Boulder Creek, Boulder Reservoir, Marshall Lake, South Platte River) were collected using PP containers. The environmental water samples were then subjected to the separation procedure explained above to collect microplastics of sizes between 25 - 300 μm. The separation procedures were outlined in detail in Supplementary Figure 3.





Fourier transform infrared spectroscopy

IR spectra were obtained on a Cary 630 FTIR spectrometer by Agilent Technologies in attenuated total reflection (ATR) mode, equipped with a diamond measurement interface and controlled by Microlab software. Spectra were acquired in the range 4,000-400 cm-1 with a resolution of 2 cm-1. Each measurement was the result of the average of 8 scans. The ATR diamond crystal was cleaned with 70% ethanol/water and a background measurement was performed between each sample. The spectra were obtained by placing a small amount of dry sample over the crystal, compressing the sample against the diamond to ensure good contact between the sample and the ATR crystal, and then taking the scan. An IR spectrum for each of the standard plastics was obtained for comparison to the environmental mixtures. IR spectra of each environmental sample were taken in order to give an initial estimate of how much and which types of plastics were present. In the case where there was a larger amount of plastics obtained, multiple scans may have been necessary. The IR spectra of the environmental samples was analyzed using the spectra obtained from the standard microplastic samples.





Staining of MNPLs using 4-dimethylamino-4’-nitrostilbene

The staining procedure and the fluorophore used were referenced from a paper by the Vetri lab at the University of Palermo (41). The standard MNPL samples and the environmental MPs were dyed using a 500 µM stock solution of DANS in ethanol. 50 μL of the stock solution were added to a 25 mg/mL suspension of microplastics in deionized water, to obtain a final DANS concentration of 25 μM. Samples were incubated for one hour at 60°C under sonication. The solution was then evaporated on a hot plate at 80°C overnight to obtain the dry stained samples of MNPLs. RGB pictures of stained standard plastics, under UV excitation using a UV-LED flashlight, were simply recorded by an iPhone XR camera.





Fluorescent confocal microscopy

Confocal images were acquired with an Olympus FV3000, high-end laser scanning confocal microscope using a 10 × 0.3 NA objective. Aliquots of DANS-stained standard MNPLs or environmental MPs dispersed in water were deposited on a glass bottom dish with a 20 mm bottom well using a disposable pipette. Measurement was acquired using laser excitation at 405 nm. Emitted fluorescence was acquired in photon-counting mode. Spectral detection has been performed using a bandwidth of 5 nm and a step size of 3 nm in the range 450 – 650 nm. The scan area ranged from 1000 x 1000 to 256 × 256 pixels and the scan speed was 12 μs per pixel. Scans of each standard, as well as the mock trial were taken in order to check the validity of the method before dying and scanning the environmental samples. 3D confocal images were obtained for the mock trial and the environmental samples. Images were analyzed by the ImageJ software bundled with Java 8.





DLS measurements

DLS data was obtained on a Zetasizer Nano S by Malvern Panalytical. Each measurement was performed three times. A 40 μL plastic cuvette with a stopper was used for each measurement. The measurement was optimized automatically by the instrument and the attenuation was set at 11. The data was exported as a pdf.





SEM imaging

A JSM-640LV (LVSEM) was utilized to collect scanning electron microscopy (SEM) images at 30 kV.





XRD analysis

The Powder XRD data was collected on a Bruker D8 Advance A25 system with a monochromated Cu Kα radiation source. The sample was measured under ambient conditions, and the X-ray source was operated at 40 kV and 40 mA.





Human PBMC preparation and cultures

The study was approved by Colorado Medical Institutional Review Board (COMIRB) and abides by the Declaration of Helsinki principles. Venous blood from healthy consenting donors was drawn into lithium heparin containing tubes and PBMCs were isolated using centrifugation over Ficoll-Hypaque cushions as previously described (62, 76–78). Cells were washed three times with saline and resuspended in RPMI at 5 x 106/mL. For MNPLs stimulation, 0.5 x 106 cells were seeded per well in 96-flat bottom well plates and cultured in a total of 200 μL RPMI with 10% FBS for one to three days, with or without the presence of different concentrations of MNPLs. Aliquots of the MNPLs were freshly diluted in warm RPMI to different concentrations for experiments. After incubation times were completed, supernatants were collected by centrifugation at 400 x g for five minutes and stored at -80°C for further analysis.





Human whole blood culture

As previously described (62), one mL of heparinized blood was added per well in 24-well plates with or without the presence of 1 mg/mL commercial MNPLs. After three to five days, the supernatants were collected by centrifugation at 400 x g for five minutes and stored at - 80°C for further cytokine analysis.





Human intestinal epithelial T84 cell culture

For MNPLs stimulation, 80,000 cells were seeded per well in 96-flat bottom well plates and cultured in a total of 200 μL DMEM/F12 (1:1) with 10% FBS for one to five days, with or without the presence of indicated concentrations of MNPLs. Aliquots of the MNPLs were freshly diluted in warm medium to the desired concentrations for experiments. After incubation times were completed, supernatants were collected by centrifugation at 400 x g for five minutes and stored at - 80°C for further analysis.





Human monocytic THP-1 culture

For MNPLs stimulation, 100,000 cells were seeded per well in 96-round bottom well plates and cultured in a total of 200 μL RPMI with 10% FBS for one to five days, with or without the presence of indicated concentrations of MNPLs. Aliquots of the MNPLs were freshly diluted in warm medium to the desired concentrations for experiments. For Polymyxin B blocking assays, the cells were pretreated with 10 μg/mL Polymyxin B for one hour before they were treated with MNPLs for three to five days. After incubation times were completed, supernatants were collected by centrifugation at 400 x g for five minutes and stored at - 80°C for further analysis.





Cell morphology and light microscopy

To monitor cell morphology, the human THP-1 or T84 cells or PBMCs were cultured on 96-flat bottom well plates in the cell density as described above. The cells were treated with or without the presence of 1 mg/mL MNPLs for three to five days. The cells in the 96-well plates were viewed under an AmScope IN300TB inverted phase-contrast microscope (AmScope, Irvine, CA). The phase-contrast images were taken with an AmScope microscope digital camera MU1000 using the software AmLite (AmScope).





Cell death and flow cytometry

For flow cytometry study, 1,000,000 human THP-1 cells were seeded per well in 24-flat bottom well plates and cultured in a total of 2 mL RPMI with 10% FBS. The cells were treated with or without 1 mg/mL MNPLs for five days. After incubation times were completed, the cells were briefly spun down and washed once with ice-cold flow cytometry staining buffer. The cells were then stained as described earlier for flow cytometry (78, 79). Briefly, for non-permeabilized cell surface staining, the cells were stained with FITC-conjugated Annexin V (BioLegend) in Annexin V binding buffer for 15 minutes at RT in the dark and then stained with Propidium Iodide (PI) (Tonbo Biosciences) right before analysis with flow cytometry. The cells were acquired on a BD LSR Fortessa Analyzer (BD Biosciences) and data were analyzed using FlowJo software (Tree Star, Ashland, OR).





Annexin V staining and fluorescent imaging

Human intestinal epithelial T84 cells were cultured for MNPLs stimulation and imaging. 80,000 cells were seeded per well in 96-flat bottom well plates and cultured in a total of 200 μL DMEM/F12 (1:1) with 10% FBS for five days, with or without the presence of 1mg/mL MNPLs. Aliquots of the MNPLs were freshly diluted in warm medium to the desired concentration for experiments. After incubation times were completed, the cells were washed with PBS, and stained with FITC-conjugated Annexin V (BioLegend) in Annexin V binding buffer for 15 minutes (as described above). The stained cells were washed with PBS and observed under fluorescent microscope. Both fluorescent and phase-contrast images were captured using a Nikon Eclipse Ts2R fluorescent microscope (Nikon Instruments Inc, Melville, NY) with the software NIS-Elements BR5.30.02.





Statistical analysis

The significance of differences was evaluated with Student’s two-tailed t test or one-way ANOVA. The mean or mean fold change for each condition was calculated as indicated. The data shown represent the Mean ± SD.
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