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Despite its potential to provide new nitrogen (N) to the environment, knowledge on benthic dinitrogen (N2) fixation remains relatively sparse, and its contribution to the marine N budget is regarded as minor. Benthic N2 fixation is often observed in organic-rich sediments coupled to heterotrophic metabolisms, such as sulfate reduction. In the present study, benthic N2 fixation together with sulfate reduction and other heterotrophic metabolisms were investigated at six station between 47 and 1,108 m water depth along the 18°N transect traversing the highly productive upwelling region known as Mauritanian oxygen minimum zone (OMZ). Bottom water oxygen concentrations ranged between 30 and 138 μM. Benthic N2 fixation determined by the acetylene reduction assay was detected at all stations with highest rates (0.15 mmol m−2 d−1) on the shelf (47 and 90 m water depth) and lowest rates (0.08 mmol m−2 d−1) below 412 m water depth. The biogeochemical data suggest that part of the N2 fixation could be linked to sulfate- and iron-reducing bacteria. Molecular analysis of the key functional marker gene for N2 fixation, nifH, confirmed the presence of sulfate- and iron-reducing diazotrophs. High N2 fixation further coincided with bioirrigation activity caused by burrowing macrofauna, both of which showed high rates at the shelf sites and low rates in deeper waters. However, statistical analyses proved that none of these processes and environmental variables were significantly correlated with benthic diazotrophy, which lead to the conclusion that either the key parameter controlling benthic N2 fixation in Mauritanian sediments remains unidentified or that a more complex interaction of control mechanisms exists. N2 fixation rates in Mauritanian sediments were 2.7 times lower than those from the anoxic Peruvian OMZ.
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INTRODUCTION

Dinitrogen (N2) fixation is the dominant source of new bioavailable nitrogen (N) in the marine environment (Brandes and Devol, 2002). Only N2 fixing prokaryotes (diazotrophs) have the capability to convert N2 to bioavailable N, i.e., ammonium, and make it available for non-diazotrophic organisms (Ward and Bronk, 2001; Gruber, 2008). Diazotrophs can be detected using molecular tools such as the nifH gene, the key functional marker encoding a subunit of the nitrogenase reductase enzyme (Sisler and ZoBell, 1951; Riederer-Henderson and Wilson, 1970; Zehr and Turner, 2001).

While most studies on marine N2 fixation have focused on pelagic environments (e.g., Zehr and Ward, 2002; Galloway et al., 2004; Riemann et al., 2010; Löscher et al., 2014 and references therein), benthic N2 fixation gained renewed attention only recently with a few studies demonstrating active N2 fixation in sediments and identifying diazotrophs by nifH gene analysis (Fulweiler et al., 2007; Bertics et al., 2010, 2013; Gier et al., 2016). However, there is uncertainty regarding the environmental factors ultimately controlling benthic N2 fixation. Previous studies identified the availability of organic matter as major control on benthic microbial processes (Jørgensen, 1983; Howarth et al., 1988; Fulweiler et al., 2007; Bertics et al., 2013). Further, benthic N2 fixation and organic matter have been found to correlate in different habitats, such as sediments within the high-productive Peruvian upwelling region (Gier et al., 2016) and coastal sediments inhabited by the bioturbating ghost shrimp Neotrypaea californiensis (Bertics et al., 2010).

Other studies have shown that the physical movement of animals through surface sediments can enhance N2 fixation (Bertics et al., 2010). Bioturbation and bioirrigation in sediments increase the rate of organic matter supply to subsurface sediment layers, leading to elevated microbial metabolic rates there (Aller and Aller, 1986; Bertics et al., 2010, 2012). While bioturbation describes the sediment mixing by benthic organisms, bioirrigation encompasses the exchange of seawater with sediment porewater due to the pumping action of burrow-dwelling organisms (Meysman et al., 2006; Kristensen et al., 2012). These processes were associated with increased rates of microbial sulfate reduction (Bertics and Ziebis, 2010) and N2 fixation (Bertics et al., 2012). Both microbial processes are often coupled in organic-rich sediments (Bertics and Ziebis, 2010; Bertics et al., 2013; Gier et al., 2016). Additionally, many sulfate reducers carry the nifH gene (Zehr and Turner, 2001; Muyzer and Stams, 2008; Fulweiler et al., 2013; Gier et al., 2016) and actively fix N2 in culture (Riederer-Henderson and Wilson, 1970), indicating that these bacteria may play a role in supplying bioavailable N to the benthic community (Bertics et al., 2010; Sohm et al., 2011; Fulweiler et al., 2013).

In the present study, the effect of organic matter availability and bioirrigation on benthic N2 fixation was determined in the highly productive upwelling region off Mauritania. The region is characterized by a weak oxygen minimum zone (OMZ) with dissolved oxygen (O2) concentrations of down to 27 μM (Löscher et al., 2016). The OMZ is predicted to lose more O2 in the future at a rate of ~0.5 μM y−1 (Stramma et al., 2008; Keeling et al., 2010). As a consequence of low O2, Mauritanian OMZ sediments are a net sink for dissolved inorganic N due to denitrification (Dale et al., 2014). N loss is highest on the shelf and decreases with increasing water depth, in line with particulate organic carbon flux to the seafloor. The N deficit resulting from this N loss could to a certain extent be replenished by N2 fixation. However, the relevance of benthic N2 fixation for N cycling in the Mauritanian OMZ sediments is yet unknown. Extensive bioirrigation and bioturbation by bottom dwelling macrofauna observed in this region may be a major promoting factor for benthic N2 fixation (Dale et al., 2014). Thus, subsurface microbial activities including N2 fixation could be stimulated here (Jørgensen, 1983; Fulweiler et al., 2007; Bertics et al., 2010). Due to the potential expansion of the OMZ, together with high input of labile organic matter to the seafloor, the Mauritanian OMZ is a key region to understand how benthic N2 fixation may change in the future.

We postulate that a coupling between N2 fixation and sulfate reduction, and potentially other heterotrophic bacteria, exists in Mauritanian OMZ sediments, which is stimulated by enhanced benthic organic matter availability due to high carbon export and bioirrigation. The overall goal of the present study was to (1) investigate the relation of benthic N2 fixation and heterotrophic bacteria (specifically sulfate reducers) along the Mauritanian margin, (2) explore benthic diazotrophic diversity, and (3) investigate the effect of bioirrigation on N2 fixation. Finally, we compared benthic N2 fixation in the weak OMZ off Mauritania with benthic N2 fixation in the anoxic Peruvian OMZ to better understand how marine N cycling may change as bottom water O2 levels diminish.

MATERIALS AND METHODS

Study Area

The region off Mauritania belongs to the extensive eastern tropical North Atlantic upwelling system, which represents a moderate OMZ with lowest O2 concentrations of ~30 μM (Karstensen et al., 2008; Chavez and Messié, 2009). The upwelling system extends between 43°N at the Iberian peninsula and 10°N south off Dakar (Schafstall et al., 2010). While upwelling is continuous between 20 and 25°N, upwelling north and south of this region is seasonal, induced by variations in wind forcing related to the migration of the Intertropical Convergence Zone (Barton et al., 1998). Along the continental slope highly non-linear internal waves export fine-grained sediment particles down slope (Schafstall et al., 2010). The upwelling intensity at 18°N (this study) is strongest between December and April (boreal winter). The 18°N area (50–1,100 m water depth) features a perennial high primary production (80–200 mmol C m−2 d−1) (Huntsman and Barber, 1977), probably enhanced by the iron-rich dust input from the Sahara (Baker et al., 2006). This makes the eastern tropical North Atlantic one of the most productive marine environments (Carr, 2001).

Sediments at 18°N are characterized by an increase of surface particulate organic carbon with water depth (0.6 wt% on the shelf and 2.7 wt% at 800 m) and a decrease of particulate organic carbon with depth in the sediments (Dale et al., 2014). While the shelf at the 18°N upwelling region is characterized by minor sediment accumulation rates, sedimentation rates between 0.1 and 0.35 cm yr−1 were found at the deeper stations. Dale et al. (2014) described the 18°N sediment as muddy sand down to 400 m water depth and as slightly sandy mud from 786 m. Surface porosity was low (0.56–0.62) at the shallow sites (<100 m) and high (0.83–0.85) at deeper sites (>786 m), with grain size observations (Sokoll, 2013) indicating permeable sediments down to 400 m water depth (Dale et al., 2014). Permeable sandy sediments were originally considered to be biogeochemically inert due to their low organic carbon content (Shum and Sundby, 1996; Boudreau et al., 2001). Yet, topography-driven advective solute transport due to pressure gradients and bottom currents has changed this view (Huettel and Rusch, 2000; Rusch and Huettel, 2000; Janssen et al., 2005). Sandy sediments are thus often regarded as potential sites for high metabolic activity (Boudreau and Westrich, 1984; Huettel et al., 2003).

Water Column and Sediment Sampling

Sampling was conducted in June 2014 at seven stations (47, 90, 169, 236, 412, 786, and 1,108 m) at 18°N (Figure 1) during an expedition on RV Meteor (M107). The station ID, corer ID, sampling date, and location, water depth, temperature, O2 concentration, and parameters determined for each station are listed in Table 1.
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FIGURE 1. Contour plot of dissolved O2 (μM) concentrations along the continental margin of the Mauritanian OMZ at 18°N. The black dots represent stations for MUC sampling with corresponding water depth in meters. The inset shows the sampling area in a regional context (black box).




Table 1. Sampling stations along the depth transect at 18°N off Mauritania, with five replicate cores used for the determination of (1) porewater geochemistry, (2) sediment properties, (3) bioirrigation, (4) N2 fixation and molecular microbiology, and (5) sulfate reduction.
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Temperature and dissolved O2 concentrations in the water column were obtained using a SeaBird CTD rosette system equipped with a Seabird SBE43 membrane O2 sensor. The sensors were calibrated by Winkler titration with a detection limit of 2 μmol L−1.

Sediment samples for biogeochemical investigations were taken by a TV-guided multiple corer (MUC) equipped with six core liners. Each core liner had a length of 60 cm and an inner diameter of 10 cm. All sediment cores were immediately transferred to a cold room (12°C) for further processing.

Geochemical Analyses and Bioirrigation Determination

Measurements for the analysis of porewater geochemistry are described in detail by Dale et al. (2011), Dale et al. (2015). In short, one replicate core from each MUC sampling (Table 1) was subsampled at anoxic conditions using an argon-filled glove bag to preserve redox sensitive constituents. Concentrations of ammonium, nitrate, ferrous iron, and sulfide were determined on a Hitachi U2800 UV/VIS spectrophotometer using standard procedures (Grasshoff et al., 1999). Sediment properties (porosity, particulate organic carbon, and nitrogen) were determined on a second replicate MUC core (Table 1) as described by Dale et al. (2014). A third replicate MUC core (Table 1) was used for bioirrigation experiments. Bioirrigation experiments were performed following former procedures (Dale et al., 2013), involving the addition of bromide (Br−) as a dissolved conservative tracer. Cores were incubated for several days, after which the Br− depth distribution was determined in extracted porewater samples by ion chromatography (Metrohm 761). These data were used to calculate bioirrigation rates using a numerical model that considered Br− transport due to diffusion and bioirrigation. Details of the model are described fully by Dale et al. (2013). The flux due to irrigation was calculated as
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In this equation, the bromide concentration is in mol l−1, αbi (d−1) is the depth-dependent bioirrigation coefficient describing solute pumping through animal burrows and Brolw (M) is the time-dependent Br− concentration in the well mixed, overlying water. The sediment porosity, ϕ, was defined using a depth-dependent empirical function (Dale et al., 2013). The depth-dependence of αbi was described using
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where αbi1 (d−1) is approximately equal to the bioirrigation coefficient at the sediment surface and αbi2 (cm) is a parameter that controls the irrigation depth. We integrated αbi over the upper 30 cm for each site, j, and normalized this value to the integrated coefficient at the deepest site, to compare irrigation intensities between sites:
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We acknowledge that several burrowing species perform bioirrigation and bioturbation simultaneously and may also transport and mix particulate organic matter into the sediment (Christensen et al., 2000; Griffen et al., 2004; Quintana et al., 2007; Kristensen et al., 2012). Bioturbation rates were not determined in this study, and bioirrigation alone was considered as a quantitative indicator for the activity of animals in the sediment.

Benthic Nitrogenase Activity

The sampling procedure (Table 1) and core slicing details for N2 fixation have previously been described by Gier et al. (2016). In short, at a fourth replicate MUC core (Table 1) from the sampling stations was sliced in the cold room in 1-cm intervals from 0 to 6 cm, in 2-cm intervals from 6 to 10 cm, and in 5-cm intervals from 10 to 20 cm. In order to quantify the nitrogenase activity, the acetylene reduction assay was applied (Stewart et al., 1967; Capone, 1993). Serum vials (60 mL) were flushed with N2, and then filled with 10 cm3 sediment (in triplicate) from each depth horizon, flushed again with N2 and crimp sealed with a butyl stopper. Samples were injected with 5 mL pure compressed acetylene, which was bubbled through ultrapure water to remove impurities. Finally, samples were gently pivoted and stored in the dark at average in situ temperature found at the seafloor along the depth-transect (12°C, see Table 1). Two sets of triplicate controls were prepared for every station. One set of controls was not injected with acetylene to test for natural ethylene production. The second set of controls was killed with 1 mL formalin (37.5%) to quantify abiotic ethylene production.

The increase of ethylene in each sample was assayed on board for over 1 week (5 time points) by a gas chromatograph. To convert nitrogenase activity to N2 fixation, a conversion factor of 3 ethylene: 1 N2 (Patriquin and Knowles, 1972; Orcutt et al., 2001; Capone et al., 2005; Bertics et al., 2013) was applied. In the following sections, converted acetylene reduction will therefore be termed N2 fixation. Standard deviations of N2 fixation were calculated from three replicates per sediment depth. For integrated N2 fixation rates, standard deviations were calculated from the three integrated rates per station.

Sulfate Reduction Rates

To determine sulfate reduction rates, one push core (length 30 cm, inner diameter 2.6 cm) was taken from a fifth replicate MUC core (Table 1). Six microliters of the carrier-free 35[image: image] radio tracer (dissolved in water, 150 kBq, specific activity 37 TBq mmol−1) were injected in 1-cm intervals according to the whole-core injection method (Jørgensen, 1978). Push cores varied in length between 21 and 25 cm. Each core was incubated in the dark at 12°C for ~12 h. The incubation was stopped by slicing each core in 1-cm intervals and transferring the sediment into 50 mL plastic centrifuge tubes filled with 20 mL zinc acetate (20% w/w). The controls (in triplicate) were fixed with zinc acetate (20% w/w) before adding the radiotracer. Samples were stored frozen at −20°C (Røy et al., 2014) until further processing in the home laboratory. Sulfate reduction rates were determined using the cold chromium distillation procedure according to Kallmeyer et al. (2004).

nifH Gene Analysis

Samples for nifH gene analysis were collected from the N2 fixation MUC cores (Table 1). Sediment (~5 mL) from each sampling depth (except 0–1 cm for 47 m and 10–15 cm for 786 m) was transferred to plastic whirl-paks® (Nasco, Fort Atkinson, USA), frozen at −20°C and transported back to the home laboratory. To extract DNA, the FastDNA® SPIN Kit for Soil (MP Biomedicals, Carlsbad, CA, USA) was used according to the manufactures instructions, except that the sample homogenization that was done in a Mini-BeadbeaterTM (Biospec Products, Bartlesville, USA) for 15 s. The yield of DNA ranged from 22 to 65 ng/μl based on NanoDrop spectrophotometer (Nanodrop 1000, Thermo Fisher Scientific, Waltham, MA, USA) quantification.

Overall, 60 samples were used for nifH amplicon sequencing. Nested polymerase chain reactions (PCRs) for nifH were performed following established protocols (Zehr and Turner, 2001). Modifications of the protocol adjusted for Illumina sequencing preparation have previously been described by Bentzon-Tilia et al. (2015). Illumina indices were added to amplicons in the second PCR round. In addition to the nifH1 and nifH2 primer sequences, the primer contained a linker sequence, an 8-base barcode and the Illumina specific region P5 (forward primer) or P7 (reverse primer) (for details on the sequence of primers see Table S1 in Supplementary Material). Negative controls consisted of the reaction mixture of the addition of DNA. PCRs were performed in triplicate for each sample. Triplicates were then pooled, and purified using the MinElute Gel Extraction Kit (Qiagen, Hildesheim, Germany) and quantified on a spectrophotometer (Nanodrop 1000, Thermo Fisher Scientific, Waltham, MA, USA). Samples were pooled in equimolar ratios and sequencing took place on an Illumina MiSeq Instrument using the MiSeq reagent Kit with V3 chemistry (Illumina, San Diego, CA, USA). Sequences were submitted as a sequence read archive (SRA) to GenBank, submission ID SUB3036872.

Sequences were assembled using MOTHUR software version 1.32.1 (Kozich et al., 2013). Contigs containing ambiguous bases or homopolymers longer than eight bases were removed from the dataset. Redundant sequences were clustered using the command unique.seqs and aligned against the functional gene pipeline and repository database (http://fungene.cme.msu.edu/). Sequences not aligning with the seed nifH sequence pool were removed. Chimeric sequences were removed with the MOTHUR implemented software Uchime (Edgar et al., 2011). Remaining sequences were clustered at 97% nucleotide similarity and reference sequences for the 10 most abundant clusters were obtained using BLAST search on the NCBI database. Amplicons and reference nifH sequences were consecutively ClustalW aligned using MEGA version 6.0 (Tamura et al., 2013), and a maximum likelihood tree was constructed and visualized using iTOL (Letunic and Bork, 2011).

RESULTS

Water Column and Sediment Characteristics

At 18°N, dissolved O2 was present in the bottom water across the entire transect (Figure 1). Bottom water O2 concentration on the shelf station at 47 m was 123 μM and decreased to 30 μM at 90 m, representing the lowest measured concentration along the transect. At 236 m and 412 m, the O2 concentration was 48 and 50 μM, respectively, and increased from 98 μM at 786 m to 138 μM at 1,108 m.

Figure 2 shows the geochemical porewater profiles of ammonium, nitrate, sulfide, organic carbon content, and the C/N ratio in the upper 20 cm at each station. In general, the profiles were very similar to those measured along the same transect in spring 2011 (Dale et al., 2011). Ammonium concentrations increased with sediment depth, with highest concentrations (111 μM) at 1108 m. The lowest ammonium concentration (30 μM) at 20 cm sediment depth of all cores was measured at 236 m. Concentrations of nitrate were highest at the sediment surface (0–1 cm) in all cores, except for the 236 m station, which showed no peak. Peaks ranged between 0.1 and 34 μM and rapidly decreased to zero below the surface layer. The accumulation of sulfide was detected only at the two shelf stations (47 and 90 m) with peaks of 88 μM at 14 cm and 45 μM at 13 cm, respectively. Sulfide accumulated below ca. 10 cm at these sites, with near-zero concentrations closer to the sediment surface. Organic carbon content was ~1 wt% throughout the cores from 47 to 412 m. The highest organic carbon (~3 wt%) was measured at 786 m and 1,108 m. The lowest value (~0.5 wt%) was measured at 90 m. The benthic molar C/N ratio scattered around 13 at the surface and 8 at the bottom of the core at the shallowest station (47 m) and remained relatively constant at around 9–10 throughout the cores at the stations between 90 and 1,108 m.
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FIGURE 2. Biogeochemical porewater profiles in sediments cores from sampling stations along the 18°N transect. Plots show ammonium ([image: image], μM), nitrate ([image: image], μM), sulfide (μM), organic carbon content (Corg, wt%), and the C/N ratio (molar). Bottom water O2 concentrations (BW O2, μM) is provided at the right margin.



Sediment porosity (data not shown) at the surface was low (0.52) at the shelf stations (47 and 90 m), increased with water depth, and was highest (0.86) at the deepest station. Porosity gradually decreased with sediment depth, to a value of 0.45 at 20 cm sediment depth at 47 m and 0.74 at the deep 1,108 m site.

Bioirrigation

Bioirrigation was detected at all sites, with higher coefficients and irrigation depths at the shelf stations (47, 90, and 169 m) vs. the deep sites (412, 786, and 1,108 m) (Figure 3A). At 47 m the highest bioirrigation coefficient (αbi1 = 0.82 d−1) was measured along with a high bioirrigation depth parameter (αbi2 = 11.4 cm). The lowest bioirrigation depth parameter (0.23 cm) was determined at 1,108 m. The normalized irrigation coefficient (Figure 3B) at 47 m is 50 times greater than that at the deepest site, coincident with high bottom water O2 (123 μM) (Figures 1, 5) and low integrated organic carbon content (0.8 wt%, Figures 2, 5).
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FIGURE 3. (A) Sediment depth profiles of measured (symbols) and modeled (curves) bromide (Br−) concentrations at the end of the bioirrigation experiments along the depth transect (47, 90, 169, 412, 786, and 1,108 m). The gray area indicates the transport of Br− as expected by molecular diffusion only. The coefficients αbi1 (d−1) and αbi2 (cm) represent the bioirrigation coefficient at the sediment surface and the parameter that controls the bioirrigation depth, respectively. (B) Depth-integrated bioirrigation coefficient (dimensionless) along the depth transect (m) normalized to the deepest site.



Molecular Analysis of the nifH Gene

In total ~8,000 nifH gene sequences were obtained that grouped into 10 clusters (Figure 4). NifH sequences were detected at all sampling sites and clustered with Cluster I proteobacterial sequences and Cluster III sequences as defined by Zehr and Turner (2001). No Cluster I cyanobacterial nifH sequences were identified. At a first look, we followed the redox cascade to investigate the potential involvement of different anaerobic heterotrophic bacteria in N2-fixation. No sequences for denitrifying or manganese-reducing bacteria were detected. Sequences clustering with known organisms using iron and sulfur as electron acceptors, namely Pelobacter carbinolicus (Lovley et al., 1995) and the species Caldicellulosiruptor saccharolyticus, which hydrolyses a variety of polymeric carbohydrates (Rainey et al., 1994), were found in low (2%) abundance (at 46, 90, 412, and 1,108 m). Sequences closely related to sulfate-reducing bacteria of the genus Desulfovibrio, such as Desulfovibrio desulfuricans (Steenkamp and Peck, 1981; Lobo et al., 2007), Desulfovibrio vulgaris (Riederer-Henderson and Wilson, 1970; Muyzer and Stams, 2008), and Desulfovibrio salexigens (Postgate and Campbell, 1966; van Niel et al., 1996) were detected at all stations. Archaeal genes, which could potentially harbor diazotrophic methanogens, were not detected. One cluster was related to the facultative anaerobe Vibrio diazotrophicus, which was found at 236 m (up to 4% between 4 and 5 cm) and in low sequence abundances (1%) at 412 m. Several sequences were phylogenetically related to uncultured microorganisms and were found at all sites, e.g., a γ-proteobacterial clone (Langlois et al., 2015), which had its highest abundance in the sequence pool (>6%) at 46 m between 2 and 3 cm and an uncultured diazotroph (Ribes et al., 2015), that was found in highest sequence abundance (>6% of all sequences) at 90 m between 2 and 3 cm sediment depth.
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FIGURE 4. Phylogenetic tree of expressed nifH genes based on the analysis of ~ 8000 sequences and respective abundance from the total data set (see legend of the color code on the right). The six sampling stations are shown with the corresponding sediment depth (cm). The scale bar represents 10% estimated sequence divergence.



Distribution of Benthic N2 Fixation and Metabolic Indicators

Benthic N2 fixation was detected at all sampling sites and in all sediment depths (Figure 4). No activity was detected in killed controls. In general, N2 fixation had low activities at the sediment surface, increased in deeper layers and decreased to the bottom of the core. Highest surface N2 fixation was measured at the three shallow sites (47–236 m, between 0.52 ± 0.09 and 0.57 ± 0.03 nmol N2 cm−3 d−1), while the lowest surface activity was measured at the three deep sites (412–1,108 m, between 0.1 ± 0.04 and 0.25 ± 0.02 nmol N2 cm−3 d−1). Because molecular analyses of the nifH gene indicated the involvement of both iron-reducing and sulfate-reducing bacteria in benthic N2 fixation, we compared the distribution of N2 fixation with the concentration of ferrous iron (produced reductive iron dissolution) and the activity of sulfate reduction in more detail.

Comparison of Vertical Profiles

The ferrous iron porewater profiles showed peaks between 0 and 10 cm at all stations, except at 412 m, where ferrous iron increased with sediment depth (Figure 5). At 47 m and 90 m ferrous iron profiles had concentration peaks at 4 and 3 cm (22 and 17 μM), which were slightly below the N2 fixation peaks at 5–6 and 3–4 cm (1.17 ± 0.06 and 1.6 ± 0.04 nmol N2 cm−3 d−1), respectively. At 236 m ferrous iron followed the N2 fixation depth profile with overlapping peaks (31 μM, 0.85 ± 0.05 nmol N2 cm−3 d−1) at 3–5 cm. The highest ferrous iron concentration (49 μM) of all stations was measured at 412 m, which did not overlap with N2 fixation. At 786 m, ferrous iron concentrations peaked (30 μM) at 1–6 cm, which overlapped with a peak in N2 fixation (0.57 ± 0.02 nmol N2 cm−3 d−1) at 2–8 cm. A similar depth profile of both was also detected at the 1108 m site. Ferrous iron peaked (27 μM) at 3–9 cm, which coincided with an activity peak of N2 fixation (0.66 ± 0.05 nmol N2 cm−3 d−1) at 4–5 cm.
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FIGURE 5. Depth profiles of N2 fixation (nmol N2 cm−3 d−1, gray triangles, average of three replicates plus standard deviation), sulfate reduction rates (SR, nmol [image: image] cm−3 d−1, green diamonds, single measurements) and ferrous iron porewater concentrations (Fe2+, μM, brown dots) between 0 and 20 cm at the six stations in Table 1. N2 fixation scale is shown on the upper x-axis, while sulfate reduction and ferrous iron concentration are reported on the lower x-axis.



Sulfate reduction and N2 fixation rates were high at the shallow sites (46, 90, and 236 m), and low at the deep sites (412, 768, and 1,108 m). At most stations, N2 fixation and sulfate reduction rates were low at the top and at the bottom of the cores, with N2 fixation peaks between 3 and 8 cm and sulfate reduction maxima between 9 and 14 cm (Figure 5). At 47 m, N2 fixation and sulfate reduction showed non-conforming profiles in the sediment surface, but aligned toward the bottom of the core. A matching peak (0.71 ± 0.11 nmol N2 cm−3 d−1, 19.3 nmol [image: image] cm−3 d−1) was observed at 12–14 cm. This site had the highest (88 μM, 15 cm) sulfide concentration. At 90 m, N2 fixation did not overlap with sulfate reduction activity. N2 fixation peaked (1.1 ± 0.03 nmol N2 cm−3 d−1) at 3–4 cm, while sulfate reduction peaked (37–43 nmol [image: image] cm−3 d−1) at 7–12 cm. The 236 m site, showed overlapping peaks of N2 fixation and sulfate reduction (0.85 ± 0.05 nmol N2 cm−3 d−1, 12 nmol [image: image] cm−3 d−1) at 3–4 cm. No overlap in activities was observed at the 412 m site. Highest N2 fixation was measured at 3–4 cm (0.68 ± 0.07 nmol N2 cm−3 d−1), while the highest sulfate reduction (17.5 nmol [image: image] cm−3 d−1) was measured at 10–11 cm. Station 786 m had an unusually high sulfate reduction rate (295 nmol [image: image] cm−3 d−1, 13–14 cm), which was not detected in N2 fixation. At 1,108 m, N2 fixation and sulfate reduction had corresponding depth profiles from the surface down to 8 cm. While sulfate reduction had a second, higher activity peak at 9–10 cm (70 nmol [image: image] cm−3 d−1), N2 fixation showed a continuous decrease below the peak at 6 cm. No activity was detected in killed sulfate reduction controls.

Comparison of Integrated Parameters

Integrated (0–20 cm) N2 fixation rates did not track integrated (0–20 cm) ferrous iron concentrations along the depth transect (Figure 6). While N2 fixation was highest (0.15 ± 0.004 mmol N2 m−2 d−1) at 90 m, integrated ferrous iron was lowest (0.8 μmol m−2). Further, at 412 m integrated N2 fixation was lowest (0.08 ± 0.002 mmol N2 m−2 d−1) and integrated ferrous iron was highest (4.2 μmol m−2). The average (0–20 cm, n = 10–20) organic carbon content increased from the shelf (46 m, 0.8 wt%) down the continental margin with the highest value (2.9 wt%) at 1,108 m. At this site, N2 fixation and the ferrous iron concentration had low and medium values, respectively (0.08 ± 0.002 mmol N2 m−2 d−1, 2.0 μmol m−2).
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FIGURE 6. Top: Bottom water O2 (μM) and average (0–20 cm, n = 10–20) particulate organic carbon content (Corg, wt%) along the depth transect. Bottom: Integrated nitrogen fixation (mmol N2 m−2 d−1, gray bars, average of three replicates plus standard deviation), sulfate reduction rate (mmol [image: image] m−2 d−1, green bars, single measurements) and average ferrous iron concentration (Fe2+, μmol m−2, brown bars) between 0 and 20 cm along the depth transect (m).



Integrated N2 fixation roughly followed integrated (0–20 cm) sulfate reduction rates from 46 to 1,108 m (Figure 6). Both rates were highest (0.15 ± 0.004 mmol N2 m−2 d−1, 4.2 mmol [image: image] m−2 d−1) at 90 m and lowest at 412 m (0.08 ± 0.002 mmol N2 m−2 d−1, 1.4 mmol [image: image] m−2 d−1). Likewise, the averaged organic carbon content did not track the sulfate reduction activities along the depth transect.

Statistical Analysis

The Pearson correlation coefficient of vertical depth profiles (Table 2A) detected a moderate positive relationship between N2 fixation and sulfate reduction (r = 0.43). A moderate negative correlation was detected between N2 fixation and the variables organic carbon (r = −0.45) and nitrate (r = −0.50). Low negative (r = −0.2) and low positive (r = 0.15) correlations were found between N2 fixation and the organic C/N ratio and sulfide, respectively. No correlation was identified between N2 fixation and ammonium and ferrous iron. The regression analysis (Table S2a) detected a significance between N2 fixation and sulfate reduction and organic carbon content (p = 0.0142 and p = 0.0001, respectively).


Table 2. Statistical analysis of Pearson correlation coefficients including r-values along (a) vertical depth profiles, and (b) integrated rates and means of environmental variables.
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The Pearson correlation coefficient of integrated N2 fixation (Figure 3B) found high negative relationships between N2 fixation and organic carbon (r = −0.81) and ferrous iron (r = −0.77), while a high positive relationship was observed between N2 fixation and bioirrigation (r = 0.71). N2 fixation and sulfate reduction rates, as well as sulfide, indicated a moderate positive correlation (r = 0.43 and r = 0.54, respectively). Moderate negative correlations were identified between N2 fixation and variables C/N ratio (r = −0.52) and nitrate (r = −0.54). N2 fixation and ammonium (r = −0.31), as well as N2 fixation and bottom water oxygen (r = −0.37) had low negative correlations. The regression analysis (Table S2b) found a significant p-value (p = 0.0258) for the predictor integrated N2 fixation and the response variable ferrous iron.

For details on Pearson correlation coefficients of environmental variables among each other, see Table 2. For details on p-values see Table S2.

DISCUSSION

Benthic Nitrogen Fixation and Heterotrophic Bacteria

We explored the relationship between indicators of diazotrophic activity and heterotrophic metabolisms in sediments along the vertical sedimentary redox gradient. One working hypothesis is that benthic N2-fixation in the OMZ off Mauritania is linked to heterotrophic bacteria, whose activity is controlled by the availability of organic matter. Oxygen (aerobic respiration) was excluded from the following discussion, as it is a known inhibitor for N2 fixation (Postgate, 1998; Dixon and Kahn, 2004); it will be revisited in the bioirrigation section below.

At all stations, nitrate was present in the top 1–2 cm sediment depth (Figure 2) and N2 fixation was low close to the sediment-water interface (Figure 5), suggesting a negative correlation of nitrate with N2 fixation by the absence of an ecological niche for diazotrophs (Bertics et al., 2010). This negative relationship was identified statistically (Table 2) and phylogenetically, as denitrifying bacteria did not cluster with nifH gene sequences (Figure 4). Altogether, it seems that denitrification was not related to N2 fixation in the investigated sediments. Remarkably, nifH sequences also clustered with V. diazotrophicus, which reduces nitrate to nitrite and which has previously shown to be capable of N2 fixation (Guerinot et al., 1982). Similar sequences were found in the Peruvian OMZ sediment (Gier et al., 2016) and water column (Löscher et al., 2014). Furthermore, no manganese reducers were detected by the nifH analysis (Figure 4).

Ferrous iron accumulation in porewater, an indicator for the microbial iron reduction zone (Vandieken et al., 2006), mostly showed an overlapping distribution with N2 fixation activity at all stations (Figure 5). In accordance with this finding, some nifH gene sequences (2 %) clustered with P. carbinolicus (Figure 4), which uses iron and sulfur as electron acceptors (Lovley et al., 1995). This organism was previously shown to be involved in N2 fixation in subtidal sediments of Narragansett Bay (Rhode Island) (Fulweiler et al., 2013), as well as in bioturbated muddy sand sediments at Catalina Island (California) (Bertics et al., 2010). Most remarkably, the sequences related to P. carbinolicus coincided with a ferrous iron peak at the 412 m (Figure 4) and 1,108 m site (Figure 5), indicating a potential involvement of iron-reducing bacteria in N2 fixation. However, the Pearson correlation analysis did not identify a relationship between vertical profiles of N2 fixation and ferrous iron, and even detected a highly negative correlation for integrated N2 fixation and ferrous iron along with a p < 0.5, pointing to more influential environmental control mechanisms or to more complex interactions. In addition to the known heterotrophs discussed above, we recognized several new nifH clusters in the 18°N depth transect, that have not been identified, yet (Figure 4), highlighting the diversity of diazotrophs in marine sediments.

Vertical activity of sulfate reduction and benthic N2 fixation generally overlapped (Figure 5) and integrated rates of both processes revealed similar trends along the depth transect (Figure 6). Overall, the phylogenetic analysis of diazotrophs indicated a potential role of sulfate-reducing bacteria for N2 fixation in Mauritanian sediments. Sequences clustered with several sulfate reducers related to Desulfovibrio spp., which was found earlier to be involved in benthic N2 fixation (Bertics et al., 2013; Fulweiler et al., 2013; Gier et al., 2016). Likewise, nifH gene analysis indicated a potential link between N2 fixation and sulfate reduction in OMZ sediments off Peru (Gier et al., 2016). However, the Pearson correlation coefficient identified only a low positive relationship between the two processes with a p-value of p = 0.43. Moreover, individual peaks of N2 fixation and sulfate reduction often did not match (Figure 5). Our analyses indicate that N2 fixation could be partially associated with sulfate reducers, but at the same time, each process may be influenced by different environmental factors. It should, however, be emphasized that N2 fixation, sulfate reduction, and porewater data were each determined from different replicate MUC cores with a sampling distance of up to 50 cm. Lateral heterogeneity and vertical gradients could obscure the actual correlations. Finally, it should be noted that the addition of acetylene could have induced a shift in the benthic diazotrophic community, as it has been previously demonstrated using high-throughput sequencing of sediments with and without the addition of acetylene (Fulweiler et al., 2015). Nevertheless, we expect that a community shift would rather lead to an underestimation of absolute N2 fixation rates.

Effects of Burrowing Organisms on N2 Fixation and Related Processes

Burrowing sediment infauna has a significant impact on sediment biogeochemistry through its bioturbating (sediment mixing) and bioirrigating (sediment flushing) activity (Kristensen et al., 2012). Mauritanian sediments <400 m are classified as permeable sands inhabited by burrowing macrofauna (Mosch et al., 2012) whose irrigation activity was quantified, here, using an inert tracer (Figure 3). It should be noted that even though we did not measure bioturbation directly, we expect bioturbation and bioirrigation to be closely coupled (Aller and Aller, 1986; Kristensen, 2000).

N2 fixation was repeatedly low in the sediment surface (0–2 cm) and increased only in deeper layers (Figure 5). This observation coincided with the intersection of oxidized water with the seafloor (O2 > 30 μM; up to 123 and 138 μM at 47 and 1,108 m, respectively; Figures 1, 2), and with bioirrigation. These factors together could lead to a relatively deep penetration of O2 into the sediment (Revsbech et al., 1980; Ziebis et al., 1996; Kristensen, 2000; Bertics and Ziebis, 2009). O2 is a known inhibitor of the nitrogenase enzyme (Postgate, 1998; Dixon and Kahn, 2004) and an oxic layer at the sediment surface would potentially suppress N2 fixation activity. The Pearson correlation coefficient points to a low negative relationship between integrated N2 fixation rates and bottom water O2 concentrations, suggesting a potential minor impact of the water column O2 concentrations on diazotrophic activity. Alternatively, several marine diazotrophs have developed strategies to protect the nitrogenase from O2 (Jørgensen, 1977; Krekeler et al., 1998; Cypionka, 2000; Muyzer and Stams, 2008).

In contrary to the inhibiting effect of bioirrigation through the introduction of O2, burrowing organisms can also increase microbial activity in sediments by facilitating burial of organic matter (Aller and Aller, 1986; Christensen et al., 2000; Bertics and Ziebis, 2010; Kristensen et al., 2012). In fact, the organic carbon content was found to be one of the most essential environmental factors that control benthic diazotrophs (Hartwig and Stanley, 1978; Jørgensen, 1983; Howarth et al., 1988; Fulweiler et al., 2007; Gier et al., 2016). However, while a positive correlation between N2 fixation and organic carbon content was identified for the Peruvian OMZ sediments (Gier et al., 2016), a negative correlation was detected for Mauritania OMZ sediments (Table 2). The Pearson correlation coefficient results also showed a low to moderate negative relationship between N2 fixation and the C/N ratio (Table 2). In addition, burrowing animals can change redox processes by providing additional electron acceptors into the sediment and thereby creating favorable microniches for benthic diazotrophs (Gundersen and Jørgensen, 1990; Ziebis et al., 1996). The potential removal of ammonium by nitrification may provide favorable microniches for N2 fixation (Wenzhöfer and Glud, 2004; Zorn et al., 2006; Bertics et al., 2010) even in the presence of O2 (Krekeler et al., 1998; Cypionka, 2000; Muyzer and Stams, 2008). Diazotrophs are regarded as being inhibited by high concentrations of [image: image] (Knapp, 2012 and references therein); however, it remains unknown, why N2 fixation is sometimes still found at high concentrations of a bioavailable inorganic N species despite its high energetically costs (Capone, 1988). Given the many positive effects, bioirrigation can have on N2 fixation, we expected N2 fixation to be overall enhanced at stations with high bioirrigation signals and to find niches of N2 fixation in deeper sediment layers as a result of organic matter burial. Indeed, integrated rates of N2 fixation were high at the shallow sites (47–236 m) (Figure 6), coinciding with the highest integrated bioirrigation rates (Figure 3B). Additionally, the Pearson correlation coefficient identified a strong positive relationship between N2 fixation and bioirrigation (Table 2B), but with a p-value of 0.3 (Table S2b) indicating no significance. Moreover, no evidence for microniches of elevated N2 fixation in deeper sediment layers was found. Only the sulfate reduction peak observed at the 90 m site (8–12 cm, Figure 5) coincided with high bioirrigation at this station and could be a result of organic matter introduction by burrowing activity; however, no anomalies were detected in the profiles for organic matter content or C/N ratio (Figure 2). In fact, the Pearson correlation coefficient found a moderate and strong negative relationship between N2 fixation and organic matter depth profiles (p = −0.45) and integrated rates (p = 0.81), respectively, in sediments (Tables 2A,B). In contrast, organic matter and integrated N2 fixation correlated well in Peruvian OMZ sediments (Gier et al., 2016). However, Peruvian sediments and Mauritanian sediments have different environmental characteristics. While the Peruvian sediments are considered as organic-rich mud with an organic carbon content up to 15 wt% (Dale et al., 2015), Mauritanian sediments are more sandy with lower organic carbon content. Sandy sediments display high metabolic activity with rapid organic carbon oxidation (Boudreau and Westrich, 1984; Huettel et al., 2003). Overall, these results suggest that the organic carbon content and the C/N ratio are not the major factors controlling N2 fixation in Mauritanian sediments. As another study showed, the increase of organic matter does not necessary lead to an increase of N2 fixation. Fulweiler et al. (2007) observed a switch from denitrification (N loss) to N2 fixation (N gain) in the sediments of Narrangaset Bay caused by a lower organic matter deposition to the sediments.

The Role of Benthic N2 Fixation Off Mauritania

The Mauritanian sediments are regarded as sink for dissolved inorganic N, with denitrification being the main N removal process (Dale et al., 2014). In order to determine the relevance of benthic N2 fixation in the Mauritanian OMZ, we compared N2 fixation rates determined in this study with denitrification rates from Dale et al. (2014) and Sokoll et al. (2016). Denitrification by Dale et al. (2014) was investigated along a similar depth transect (18°N) and in similar water depth. Denitrification at the shelf site (98 m) was 1.8 mmol m−2 d−1, while the rate was 0.2 mmol m−2 d−1 at the deepest site (1108 m). Benthic integrated N2 fixation at the corresponding sites was highest (0.15 ± 0.004 mmol m−2 d−1) on the shelf and lowest (0.08 ± 0.002 mmol m−2 d−1) at the deepest site. Calculating the above mentioned N source and sink processes, benthic N2 fixation could compensate for about 8–40% of the N loss between the shelf and the deepest site, respectively.

However, in the study by Sokoll et al. (2016) denitrification rates along the 18°N transect were found to be higher at similar water depths (53–787 m) and significantly correlated with grain size, a parameter that was not investigated during our sampling survey. Comparing the highest N2 fixation (90 m, 0.15 ± 0.004 mmol m−2 d−1) with the highest denitrification rate (96 m, 4.24 mmol m−2 d−1; Sokoll et al., 2016), as well as the lowest denitrification (787 m, 0.77 mmol m−2 d−1; Sokoll et al., 2016) with the corresponding N2 fixation rate, results in a lower compensation when compared to denitrification rates determined by Dale et al. (2014). According to the findings of Sokoll et al. (2016), benthic N2 fixation would compensate for only 4–10% of the N loss by denitrification. In summary, diazotrophs in the Mauritanian OMZ sediments may have, at certain sites, a considerable attenuating effect on the loss of fixed N from the benthic environment.

Benthic N2 Fixation in the Upwelling Regions Off Mauritania and Peru

As OMZs are predicted to increase globally (Diaz, 2001; Stramma et al., 2008; Keeling et al., 2010), it is crucial to understand their biogeochemical processes and feedbacks and make predictions how relatively oxygenated areas, such as the Mauritanian OMZ, will be affected if O2 becomes further depleted, as long term trends indicate (Stramma et al., 2008). A comparison between the eastern tropical north Atlantic OMZ off Mauritania and the eastern tropical south Pacific OMZ off Peru (Gier et al., 2016) should aid in our understanding of the magnitude of N2 fixation rates in O2 deficient environments and the relevant environmental factors (Table 3).


Table 3. Integrated (0–20 cm) rates of N2 fixation and sulfate reduction (SR) from 0 to 20 cm from this study compared to the Peruvian OMZ (from Gier et al., 2016) as well as environmental parameters.
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Integrated (0–20 cm) benthic N2 fixation rates from the Mauritanian upwelling were lower (0.08–0.15 mmol m−2 d−1) than those reported for the Peruvian OMZ (0.01–0.41 mmol m−2 d−1). Off Mauritania, N2 fixation peaked deeper than 2 cm sediment depth, while N2 fixation off Peru was highest in the surface sediments (0–2 cm). Overall, statistical analysis revealed that benthic diazotrophs off Peru were positively correlated with sulfate reduction and organic matter. Our results from Mauritania instead show that there is no single environmental variable controlling diazotrophs, pointing to more subtle relationships including a positive correlation with sulfate reduction and negative correlation with organic matter content. In addition, the filamentous nitrate-storing sulfide-oxidizing bacteria of the genus Thioploca have been observed to densely colonize Peruvian OMZ sediments (Schulz and Jørgensen, 2001; Sommer et al., 2016). These bacteria perform dissimilatory nitrate reduction to ammonium (DNRA) and prevent the accumulation of sulfide in sediments (Fossing et al., 1995; Zopfi et al., 2001; Bohlen et al., 2011). Thus, sediments off Peru represent a recycling site for dissolved inorganic N, releasing high amounts of ammonium into the water column (Bohlen et al., 2011). The interplay between N2 fixation in predominantly N-recycling vs. denitrifying sediments deserves further attention in future studies.

SUMMARY

Our findings add to the growing knowledge of benthic N cycling in upwelling regions and will aid in our understanding of potential environmental factors that control benthic diazotrophs. N2 fixation occurred throughout the sediment and activity widely coincided with sulfate reduction activity. This result was supported by molecular analysis of the nifH gene, which confirmed the presence of several sulfate-reducing bacteria related to Desulfovibrio spp. Molecular analysis further pointed toward a role of iron-reducing bacteria for benthic diazotrophy and N2 fixation, which overlapped with the presence of ferrous iron in the sediment porewater. However, none of the above correlations between N2 fixation and sulfate or iron reduction were supported by statistical analyses. We further found no significant effect of bioirrigation on benthic diazotrophs. Our inability to unambiguously correlate observed biogeochemical and environmental parameters to N2 fixation highlights that potentially more complex interactions with multiple effects exist in the field. A comparison with denitrification rates from the same study area highlighted the ability of benthic diazotrophs to counteract between 4 and 40% of the benthic N loss. Overall, benthic N2 fixation in the sediments below the weak Mauritanian OMZ was at least one-third of the predominantly anoxic Peruvian OMZ.
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