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Chitin Facilitated Mineralization in
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Vera Bin San Chan* , Mary Beth Johnstone, A. P. Wheeler and Andrew S. Mount*
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Chitin is often reported in molluscan shells, where it likely contributes to the mechanical
strength of the biomineral. However, the role of this polysaccharide in relation to the
process of shell formation is not well understood. We investigated the deposition of chitin
during shell repair in the Eastern oyster, Crassostrea virginica, by inserting stainless steel
and glass implants in a region of shell damage. This work documents the time course
of deposition of both chitin fibrils and calcium carbonate layers. Chitin was detected
by confocal laser scanning microscopy (CLSM) using a chitin-specific fluorescent probe
that was produced from clones of a chitin-binding domain. The presence of fibrils was
confirmed using electron microscopy of implants. The fibrils’ dimensions were reduced
after treatment with both acid and bleach, suggesting that chitin interacts with inorganic
minerals and other organic components such as proteins and lipids as early as 5 h
after shell damage. With CLSM, it was shown that chitin co-localized with the cell
membrane, suggesting the importance of cells located on the implants in the process of
fibril formation. Using observations from this study as well as those from the literature on
chitin synthase production, we propose two cellular models for chitin deposition related
to shell formation.

Keywords: biomineralization, chitin, oyster, chitin-binding domain, hemocytes, Crassostrea, shell formation, shell
repair

INTRODUCTION

Chitin is the second most abundant naturally occurring polysaccharide after cellulose (Kumar,
2000; Cohen, 2010), and this biopolymer is also a subject of major interest in material science
(Merzendorfer and Zimoch, 2003). It has a crystalline structure made up of straight chain
polysaccharides and is typically used by organisms for structural support (Stern and Jedrzejas,
2008). There are three allomorphic forms of chitin described in the literature, designated α-, ß-, and
γ- chitin (Carlström, 1957; Kaya et al., 2017). The more commonly known allomorphs are α- and
ß-chitin, which are differentiated based on the relative position of the constituent microfibril units.
α-chitin is the more stable structure because it contains alternating chains, a configuration that
enhances the number of intermolecular hydrogen bonds between the polysaccharide chains. The
α- polymorph is found in crustacean and insect cuticles and the cell walls of yeast and other fungi.
On the other hand, ß-chitin, with a parallel arrangement of chains, has fewer inter-chain hydrogen
bonds. The ß-form is commonly hydrated and associated with proteins, such as in the cell walls
of diatoms, and the internal skeleton of cephalopods (Carlström, 1957; Brunner et al., 2009). Kaya
et al. (2017) characterized γ-chitin extracted from the cocoon of a moth and the stomach of a squid
and concluded that this rarer form of chitin is structurally more similar to α- than ß-chitin.
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Chitin is broadly distributed in the shells of mollusks where
it constitutes 3.5 wt% of the insoluble organic components of
calcified shell layers and their outermost organic covering layer,
the periostracum (Galtsoff, 1964; Peters, 1972; Goffinet and
Jeuniaux, 1979; Heinemann, 2008). Peters (1972) observed the
presence of microfibrils in the shell, which he interpreted as
chitin because of the fibers’ resistance to treatments with alkaline
hydroxides and dilute acids (Goffinet and Jeuniaux, 1979). Using
X-ray diffraction, Weiner and Traub (1980) concluded that
the insoluble extracellular matrix of nacre from some species
contained ß-chitin. However, the prominence of chitin was
not uniform among the species and mineral microstructures
they examined, and its presence was especially ambiguous in
the foliated layers of Crassostrea irridescens and Crassostrea
gigas (alternatively known as Magallana gigas). A chitin-rich
membrane between the myostracum and foliated shell layer
appears to define the boundary of the two crystal polymorphs at
the adductor muscle scar of C. gigas (Lee and Choi, 2007).

While chitin plays a role in increasing the strength and
resilience of many structures, including perhaps mineralized shell
layers (Heredia et al., 2007), the toughness of the molluscan
shell has most typically been associated with the extracellular
matrix proteins which are interspersed between layers of micro-
to nano-sized crystals thus forming a bio ceramic (Currey, 1999).
Some of these proteins have also been repeatedly associated
with the formation of different crystal morphologies (Gotliv
et al., 2003). The presence of chitin-binding domains in matrix
proteins suggests that chitin is a protein-anchoring material and
may thereby play a role through matrix proteins both in the
mechanical properties of the shell as well as in mineral formation.
For example, Pif 177, a shell matrix protein from the inner
aragonitic nacreous layer of the pearl oyster, Pinctada fucata, is
cleaved post-translationally into Pif 80 and Pif 97. While Pif 80
binds aragonitic crystals and mediates their growth orientation,
Pif 97 binds chitin (Suzuki et al., 2009, 2016). Chitin-binding
domains have been identified in both the organic periostracal
covering and outer prismatic layer of the shell of P. fucata as
well (Suzuki et al., 2007; Nakayama et al., 2013). A homolog of
Pif 177, which contained the chitin-binding cleavage product Pif
97 only, was cloned from the mantle of the oyster, C. gigas, and
was found to be selectively expressed in the mantle (Wang et al.,
2013). These findings suggest that the gene plays an important
role in calcitic foliated shell similar to that of the homologs
in the nacre of Pinctada. In fact, when these workers injected
siRNA of Pif 97 into the adductor muscle of the animal, the
structure of the foliar laths became thinner and narrower. In
earlier studies, Falini et al. (1996) demonstrated that soluble
proteins isolated from the molluscan shell were able to control the
mineralogy of calcium carbonate in vitro when absorbed to chitin
and silk protein. Using cryo-transmission electron microscopy
(TEM), Levi-Kalisman et al. (2001) demonstrated the presence
of chitin in the extracellular matrix between layers of nacre
(interlamellar sheets) of Atrina rigida and proposed a model,
based also on in vitro assemblages of protein and chitin, in
which chitin was the principal organizing element of these sheets.
This model was reinforced by Nudelman et al. (2008) using
environmental and cryo-scanning electron microscopy (SEM)

of chitinase and protease treated samples of nacre from two
species.

The presence of chitin synthase in mineralizing tissue also
indicates the potential significance of chitin in shell formation.
For example, Suzuki et al. (2007) cloned a cDNA from mantle
and demonstrated its expression in this tissue. Zhang et al.
(2012) demonstrated that the enzyme transcript was highly
expressed during early stages of C. gigas development when larval
shell formation occurs, and, among all tissues, it was almost
exclusively expressed in the mantle of adult oysters. Furthermore,
in vivo partial inhibition of chitin synthase of developing
Mytilus galloprovincialis larvae resulted in structurally and likely
functionally abnormal larval shells (Schönitzer and Weiss, 2007).
Molluscan chitin synthase has a unique myosin domain structure
(Weiss, 2012), suggesting that the mechanism of chitin synthesis
is very different from the better-studied taxonomic groups, such
as yeast and fungi (Cohen, 2010).

In other systems, the biological role of chitin has been
expanded beyond that of a structural molecule to include its
involvement in various biological cascades (Hasegawa et al., 2001;
Ichinohe et al., 2007; Di Rosa et al., 2016). When combined
with various chitin-binding properties of proteins, chitin has
the potential to be a spatial framework for biological functions,
which may include cell-to-cell recognition and oxidative stress
protection (Wang et al., 2012), actin bundling and organization
(Öztürk-Çolak et al., 2016), and various innate immune
responses (Lee et al., 2011), including apoptosis and necrosis
(Jeon et al., 2012). Molluscan shell repair is known to begin with
cell-driven inflammation and wound-healing responses at the
shell margin mediated by the nervous system and hemocytes (Liu
et al., 2017). Considering these examples of biological processes
that are influenced by chitin, it is plausible that chitin may
interact with cells and tissues as part of the cellular responses
during mineral formation.

An important step in determining the role of chitin in shell
formation is to understand its cellular origins and delivery to
the mineralization front. Processes involved in shell formation of
the Eastern oyster, Crassostrea virginica, have been successfully
observed by the authors using a patented method for inducing
shell repair (Mount et al., 2013, 2016; Johnstone et al., 2015). By
inserting sterile metal implants between the mantle margin and
the shell near the adductor muscle, adherence of granulocytic
hemocytes containing 100 nm-sized crystals and deposition of
prismatic and foliated layers was effectively observed within
hours (Johnstone et al., 2015). In these studies, the outer mantle
epithelium (OME), which is the closest to the shell inner surface,
serves as a source of extracellular matrices and appears to
introduce the junctional boundaries for the prismatic and foliated
minerals (Johnstone et al., 2015). Because of their involvement
in the production of other components of regenerating shell,
hemocytes and OME are likely sources of chitin in this process
as well.

Using the same method in this study, we followed the temporal
changes of chitin deposition during shell regeneration in the
Eastern oyster, employing a correlative microscopy approach.
To specifically identify chitin at the mineralization front, we
applied confocal laser scanning microscopy (CLSM) to detect
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a fluorescent conjugated chitin-binding domain produced in
Escherichia coli using a circular plasmid vector. Counter staining
of nuclei and membrane structures was used to uncover the
relationship of adhering hemocytes to chitin-rich areas. To
observe structural changes in chitin during the regeneration
process, SEM was used to observe the ultrastructure of materials
deposited on the implants. At high resolution, the interaction of
putative chitin structures with other components was determined
by treatment with acid to remove calcium carbonate and
treatment with bleach to remove proteins and lipids. By using the
Eastern oyster C. virginica as a model, the overall aim of this study
was to examine the presence of chitin in the early stages of shell
repair and its interaction with minerals and other molecules as
well as with hemocytes.

MATERIALS AND METHODS

Animal Collection and Maintenance
Wild Eastern oysters, C. virginica, were obtained from their
natural habitats and were immediately transferred via overnight
shipping to the Okeanos Research Laboratory at Clemson
University. The animals used for stainless steel implant
experiments were obtained from Louisiana1 in October 2015,
while animals used for coverslip glass implant experiments were
obtained from the Baruch Marine Field Lab, South Carolina in
March 2018.

Upon arrival of each collection, 60–100 oysters were brushed
to remove any adhering macrofauna and were submerged in
an aerated holding tank which contained 680 L of artificial
seawater (Red Sea salt mix, United States) maintained at 24 ppt
salinity and 18◦C. The water of the tank was recirculated through
two cartridge containing cotton string-wound filters to remove
particulates and one cartridge containing biological media to
remove ammonia and nitrate waste. For the 2018 collection, a
more advanced water treatment system was installed, including
a 50 L sump, a sock filter, a protein skimmer, and a moving-bed
Bio-reactor (Bashsea, United States). Ammonia and nitrate levels
in the tanks for both experiments were monitored every other day
using commercially available aquarium test solutions (Aquarium
Pharmaceuticals, API). If these levels exceeded 0.25 ppm, the
water was changed. The filtration system was bypassed during
feeding hours which lasted 4–6 h per day, 5 days a week. The
animals were fed ad libitum with a mix of six marine microalgae–
Isochrysis sp., Pavlova sp., Tetraselmis sp., Chaetoceros calcitrans,
Thalassiosira weissflogii, and Thalassiosira pseudonana (Shellfish
Diet 1800, Reed Mariculture). Oysters were used within a month
of collection.

Preparation of Materials for Implantation
Two types of implantation materials were prepared for
microscopic observation of shell regeneration processes. In
experiment 1, 1 cm × 1 cm × 1 mm polished stainless steel
foil was applied for an improved conductivity during SEM. In
experiment 2, circular glass cover slips (#1.5) were applied for

1bonsecourfisheries.com

CLSM. Before the experiments, all implant materials were cleaned
to remove organic deposits (sequentially, methanol, 5 min;
acetone, 5 min; isopropyl alcohol, 5 min; and ethanol, 5 min)
prior to autoclave sterilization and air-drying.

Shell Regeneration Protocol
Shell repairing events were observed using an implantation
procedure described in previous studies (Johnstone et al., 2015),
and in United States Patents 8,541,031 and 9,371,451 (Mount
et al., 2013, 2016). Briefly, the posterior margin adjacent to
the adductor muscles of the oysters (length, 7.5–8.5 cm) were
carefully cut with a cement saw to allow an approximately
1 cm opening to the extrapallial cavity where the implants
were introduced. Then, rubber bands were wrapped around
the oysters, covering the opening. The tightness of the rubber
bands was adjusted by wrapping around the oysters 1–2 times,
in order to prevent the implants from being rejected and yet
allow normal opening of the valve and mantle activity during
shell repair. Stainless steel implants (experiment 1) were collected
at 5, 15, and 27 h and 6 days of incubation and glass coverslip
implants (experiment 2) were collected at 5, 18, and 27 h
of incubation. These time points were selected to optimize
the capture of cellular activities (5, 15, and 27 h) on CLSM
and mineral ultrastructures (27 h and 6 days) on the SEM.
Oysters were kept in the same tank but not fed during the
implantation experiment to avoid accumulation of dead algal
cells on the implants which would compromise these observation.
Foliated mineral is commonly deposited at the 6 days time
point. After incubation, the implants were retrieved from the
opening using a tweezer when possible. When necessary, the
shell valves were separated by cutting through the adductor
muscles with a shucking knife on the anterior side of the shell
to minimize the introduction of shell fragments to the implant
surfaces.

Preparation of Chitin-Binding Domain
From Engineered Bacteria
To localize the presence of chitin during shell repair, a SNAP-
conjugated chitin-binding domain (SNAP-CBD) fusion protein
was produced by incubation and inoculation. A stab culture
of E. coli transfected with the plasmid vector pYZ205 hosted
by NEB T7 Express cells was obtained from Yinghua Zhang
(New England Biolabs). The expression of plasmid pYZ205
produces a conserved chitin binding domain originating
from the bacteria Bacillus circulans (superfamily cluster
cl00046; NCBI). The domain has the following amino
acid sequence: AWQVNTAYTAGQLVTYNGKTYKCLQP
HTSLAGWEPSNVPALWQLQ. In addition to the chitin-binding
domain, the construct has a polyhistidine site for protein
purification, and a conjugation site with a SNAP fluorescent
probe (Tang et al., 2015). The workflow of preparing a probe for
fluorescent chitin detection includes (1) isolating a single colony
of transfected E. coli and inducing expression of SNAP-CBD, (2)
extraction and purification of SNAP-CBD, and (3) conjugating
SNAP-CBD with a SNAP reactive fluorescent probe. A SNAP
site on the CBD allows the use of a great variety of fluorescent

Frontiers in Marine Science | www.frontiersin.org 3 October 2018 | Volume 5 | Article 347

http://bonsecourfisheries.com/
https://www.frontiersin.org/journals/marine-science/
https://www.frontiersin.org/
https://www.frontiersin.org/journals/marine-science#articles


fmars-05-00347 October 3, 2018 Time: 15:11 # 4

Chan et al. Chitin Facilitated Mineralization in the Eastern Oyster

probes. Here, we have made CBD-546 from SNAP-Surface Alexa
Fluor 546 (New England Biolabs).

Determination of Specificity for Chitin
Probes
Treatment of hemocytes with chitinase was used to test the
specificity of the CBD signals (Heath-Heckman and McFall-
Ngai, 2011). Hemocytes were drawn at 24 h after shell damage
using the same oysters which were incubated with implants for
the 5 and 18 h time points. The hemolymph from four oysters
was spread on different glass coverslips and the hemocytes were
allowed to aggregate for 20 min before fixation. Fixation of
hemocytes was performed with 4% paraformaldehyde buffered
in PBS for 20 min. Fixed hemocytes were washed twice with
0.4% Triton X-100 for 15 min and then permeabilized with
phosphate buffered saline at pH 6.0 (PBS) with 0.4% Triton X-
100 for 1 h. The permeabilized samples were washed three times
with PBS at room temperature, with the duration of each wash
being 15 min. Permeabilized hemocytes were exposed to three
different conditions for 0.5 h at 37◦C: (1) PBS; (2) PBS containing
0.25 mg/mL each of two chitinases one from Streptomyces griseus
(Sigma-Aldrich) and one from Trichoderma viride (Sigma-
Aldrich) (T); and (3) PBS containing heat-inactivated chitinases
(inactivated at 75◦C for 20 min) (HT).

The treatment time of 0.5 h at 37◦C was chosen according to
a trial study in which 1 and 2 h of chitinase treatment resulted
in the disaggregation of the hemocytes and a major loss of cells
for sampling. At the end of incubation, hemocytes were washed
three times for 10 min with PBS and were labeled with SNAP-
546 and 4’,6-diamidino-2-phenylindole (DAPI) as described for
the glass implants. Each hemocyte sample was observed using
a z-stack image from three random regions. The mean values
of intensity (range from 0 to 255) from 10 areas around a cell
nuclei were measured with point measurement tools from the
maximum projection image using ImageJ Fiji (Schindelin et al.,
2012).

CLSM Observation of Implants
One circular glass implant from each of three oysters at each
time point was either unstained, stained only with the chitin
probe, or triple-stained for chitin, nuclei and membranes. After
fixation in 4% paraformaldehyde buffered with 0.1 M cacodylate
trihydrate at pH 8.0 for 1 h, the implants were washed in a
solution of 0.1 M cacodylate trihydrate buffer at pH 8.0 and 0.4%
Triton X-100 detergent three times for 10 min, and then for 2 h
to increase the permeability of the adherent cells. The implants
were then washed with 0.1 M cacodylate trihydrate buffer, pH
8.0, three times for 10 min, and subsequently with freshly made
1 mg/mL sodium borohydride in cacodylate trihydrate buffer
at pH 8.0, three times for 5 min to quench autofluorescence
from fixation. They were then washed with 0.1 M cacodylate
trihydrate buffer, pH 8.0, three times for 5 min prior to washing
and incubating with blocking buffer (PBS with 1% BSA) for
1 h at room temperature. The implants were labeled with CBD-
546, at a 1:10 dilution of CBD-546 in 1% BSA PBS overnight
at 4◦C. In addition, implants were counterstained for nuclei

FIGURE 1 | Specific detection of chitin by Alexa 546-labeled chitin-binding
domain (CBD-546) in oyster hemocytes as demonstrated by chitinase
digestion. (A) CLSM micrographs reveal that enzymatic digestion of chitin
results in a reduction of fluorescence after treatment with chitinase,
representative areas of the hemocytes by are quantified for comparison (white
arrows). In this panel, fixed oyster hemocytes were treated with phosphate
buffered saline (PBS) as a control (left column), or treated with heat inactivated
chitinase in PBS (Heat-treated chitinase; middle column), or treated with
active chitinase in PBS (Chitinase; right column) for 0.5 h. Chitin (in green,
stained by CBD-546), cell nuclei (in blue, stained by DAPI). Differential
interference contrast (DIC) microscopy (bottom row) shows the loss of cells
after chitinase treatment. (B) Quantitation of fluorescence intensity
(mean ± SD) from the CLSM images from the three experimental groups
(PBS, Heat-treated Chitinase, and Chitinase; four replicates), demonstrates a
reduction in pixel intensity with chitinase treatment. Statistical significance was
determined by one-way ANOVA and Tukey’s post hoc test. p < 0.05 and
p < 0.01 were denoted by ∗ and ∗∗, respectively.

with 1 µg/mL DAPI for 30 min and for cell membranes with
5 µg/mL CellMask Deep Red plasma membrane stain (Thermo
Fisher Scientific) for 30 min. Prior to CLSM, all implants were
washed three times with PBS, for 15 min between and after
staining procedures. Following the final wash they were mounted
on microscope slides with liquid mountant (ProLong Gold,
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FIGURE 2 | Succession of shell repair on glass implants, visualized at 5, 18, and 27 h after implantation. Maximum intensity projection of CLSM image at 5 (top row),
18 (middle row), and 27 h (bottom row). Chitin (in green, stained by CBD-Alexa 546 probe) and cell nuclei (in blue, stained by DAPI), merged image shows the
distribution of nuclei and their relationship to chitin.

Thermo Fisher Scientific), and dried overnight before imaging on
a CLSM.

An untreated 18 h implant was visualized on CLSM for 2 h
in order to examine any changes of fluorescence intensity of the
chitin probe due to photobleaching. Additionally, an 18 h implant
was visualized to examine any changes in fluorescence intensity of
due to chitinase treatment.

SEM Observation of Implants
The stainless steel foil implants were fixed in 4%
paraformaldehyde buffered with 0.1 M cacodylate trihydrate
buffer at pH 8.0 for 1 h. Following fixation, they were washed
three times and stored in 0.1 M cacodylate trihydrate buffer
at pH 8.0 prior to SEM imaging. To determine the chemical
composition of the fibrils and any associated materials, the

implants were treated with either 0.1% acetic acid for 1 min,
0.5% commercial bleach for 30 min or PBS as a control. After
the chemical treatments, the implants were washed for 5 min
with distilled water to remove salts in the buffer, then fixed
in 1% osmium tetroxide for 30 min and finally washed with
distilled water for 5 min to stop the fixation process. To enhance
conductivity of the cells on the implants, the specimens were
serially dehydrated with ethanol (50% for 10 min, 70% for
10 min, 85% for 10 min, 95% for 10 min, and 100% three times
for 10 min), and then washed with 50% hexamethyldisilazane
(HMDS) in ethanol, followed by 100% HMDS. The implants
were then placed in a fume hood to dry overnight, after which
they were mounted onto an aluminum stub with carbon tape.
The cells and fibrous deposits on the implant were observed
using a Hitachi 4800 SEM. The diameter of the fibril structures
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FIGURE 3 | Cell membrane and chitin on glass implants visualized at 5 and 27 h after implantation. Maximum intensity projection of CLSM image shows the
distribution of chitin (in green, stained by CBD-Alexa 546 probe), its location with respect to cell nuclei (in blue, stained by DAPI), and cell membrane (in magenta,
stained by CellMask). A merge of all three channels shows a large overlapping of lipid membrane and chitin signals (white arrows). Fibrous chitin (yellow arrows) and
micron sized particles (magenta arrows) are present. Two representative regions from 5 and 27 h implants are provided.

was quantified at high magnification of 10,000–90,000 times.
Mean fibril diameters (FD) were measured from 7 to 10 fibrils
chosen randomly, from implants for each time points point (5,
15, and 27 h and 6 days) and each experimental treatment level
(control, acid, and bleach). Fibril that were partially covered were
avoided for FD measurement. The typical morphology of fibrils
which FD was measured are labeled in Figures 4–6.

Statistical Analysis
The effect of chitinase on the mean fluorescence intensity of
CBD-546 was assessed using one-factor analysis of variance
(ANOVA) and the post hoc Tukey’s HSD tests. The effects of
experimental treatments (control, acid, and bleach) on the mean
FD at 5, 15, and 27 h and 6 days after shell repair were assessed
using two-factor ANOVA and the post hoc Tukey’s HSD tests.

Before the analysis, data were checked to ensure a good fit
for ANOVA assumptions such as data normality and variance
heterogeneity using the Shapiro–Wilk test and the O’Brien test,
respectively.

RESULTS

Chitinase Digestion Reduces
Fluorescence Intensity
Following the protocol by Heath-Heckman and McFall-Ngai
(2011), we tested the specificity of the CBD Alexa-546
fluorescence to enzymatic digestion of chitin. In the cases
of 1 and 2 h digestion, total removal of chitin signals
were found; therefore, no pixel values were quantifiable. As
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FIGURE 4 | The effect of acid and bleach treatments on fibril diameter. PBS
control fibril diameter (mean ± SD) from 5, 15, and 27 h and 6 days after
implantation were compared to either acid (1 min incubation with 0.1% acetic
acid) or bleach (30 min incubation with 0.5% bleach) treatment. Control fibril
structures were the thickest at 5 h, and became thinner over time (two-way
ANOVA: p < 0.0001, 5 h > 15 h = 27 h = 6 days). Acid treatment reduced
fibril diameter (two-way ANOVA: p < 0.0001, Control > Acid
etched > Bleached), suggesting the presence of mineral in these fibrils. Only
fibrils from 27 h and 6 days remained after bleach treatment, indicating all of
the fibrils are rich in organic components. Same letter denotes groups that are
not significantly different. Lower case letters compare the different sampling
time points; upper case letters compare the treatments.

shown in Figure 1, 0.5 h of chitinase treatment significantly
reduced CBD Alexa-546 fluorescence associated with hemocytes
when compared with PBS control and heat treated chitinase
preparations, thus confirming the presence of chitin in the
hemocytes and suggesting a high specificity of the probe for
chitin (one-way ANOVA p < 0.05, Tukey’s test: PBS = HT > T;
p < 0.01; O’Brien test demonstrated variance was homogeneous:
p > 0.05). Our result demonstrated the probe is sensitive to
not only the presence of chitin, but also the abundance of
chitin.

To control for the possibility of photobleaching effects, the
same CLSM setting that was used for a chitin treated implant
was used to visualize an 18 h implant treated with PBS. The
fluorescence intensity after 120 min in the control showed
no reduction (intensity before: 222.7 ± 18.6; intensity after:
230.3 ± 18.0; mean ± SD), while the intensity for the chitinase-
treated implant showed a 56% reduction in fluorescence intensity
from 222.0 ± 44.8 to 96.4 ± 18.6.

CLSM Observation of Cells on the Glass
Implants
Glass coverslips imaged by CLSM at 5, 18, and 27 h after
implantation are shown in Figures 2, 3. Chitin structures,
represented in green, appeared to be associated with cell
nuclei at the early times of shell regeneration (5 and 18 h;
Figure 2). These structures take the form of fibers (yellow
arrows, Figure 3) and micron sized vesicles (magenta arrows,
Figure 3). By a later stage of shell repair (27 h), the number
of cells associated with the chitin materials was reduced while
the coverage of chitin expanded on the implant surface. The

FIGURE 5 | Fibril structures on stainless steel implants, 5, 15, and 27 h and
6 days after implantation on SEM. At 5 h (first row), chitin-like fibers are
apparent over the entire surface of the implant. Enlarged view of the boxed
region from A shows the interwoven chitin fibers. Scale bars from left to
right = 5 µm, 2 µm, and 500 nm. At 15 h (second row), cell clusters are
shown interacting with fibril structures. Scale bars from left to right = 50, 20,
and 5 µm. At 27 h (third row), thick clusters of cells interacting with fibrils are
found. Scale bars from left to right = 50, 10, and 5 µm. On sixth day (forth
row), fibrils are organized to form a more complex structure. Scale bars from
left to right = 10 µm, 4 µm, and 500 nm. Representative regions for the
measurement of fibril diameter (FD) are shown on the right column (white
arrows).

5, 18, and 27 h implants had no significant autofluorescence.
Cell nuclei labeled with DAPI were represented in blue, and
the membrane structures labeled with plasma membrane stain
were represented in magenta (Figure 3 and Supplementary
Figure S1). Since the complementary colors of green and
magenta overlay to produce white pixels, structures where
both chitin and membrane are present appear white. In
addition to membrane associated with the expected fibrous
structures, the presence of chitin-rich micron-sized spheres
also looked white and appeared to be membrane-bound
extracellular vesicles (white arrows, Figure 3 and Supplementary
Figure S1).

SEM Observation of Fibril Dimension on
Metal Implants
With the benefit of the greater structural resolution provided by
SEM, the fibrous features of the deposited chitin at 5, 15, and
27 h and 6 days after implantation were compared (Figure 4)
and revealed (Figures 5–7). The deposition of fibril structures
began as early as the time point of 5 h after shell repair,
possibly as a result of cellular activities at the mineralization
front. The thickness of these fibrous materials was reduced
after this time point (Figure 4, two-way ANOVA: p < 0.0001,
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FIGURE 6 | The effects of acetic acid on stainless steel implants, 5, 15, and
27 h and 6 days after implantation. 1 min incubation with 0.1% acetic acid
treatment resulted in extracellular matrix becoming more open. The surface
has become partially digested, revealing interacting fibrils. On sixth day (forth
row), foliated shell structures and fibrils are organized as sheets across the
surface of the implant. Scale bars from left to right, at 5 h (first row): 100, 10,
and 4 µm; at 15 h (second row): 100, 20, and 5 µm; at 27 h (third row): 50,
10, and 5 µm; at sixth day (forth row): 100, 20, and 5 µm. Representative
regions for the measurement of fibril diameter (FD) are shown on the right
column (white arrows).

5 h > 15 h = 27 h = 6 days). Overall thickness of the
fibrous materials was reduced by treatment with acid and bleach
(Figure 4, two-way ANOVA: p < 0.0001, Control > Acid
etched > Bleached). These observations suggested that the fibril
structures were likely conjugated to microcrystals in the first
5 h of shell repair (Figures 4, 5) and that these crystals were
dissolved after treatment with dilute acid (Figures 4–6). Bleach
reactivity agreed with the CLSM observation that some chitin
structures are associated with membrane and possibly also with
protein. We observed that the later stages (27 h and 6 days,
Figures 6, 7) had more fibrils that were resistant to acid and
bleach treatments, suggesting that these implants contained more
chitin than in the earlier stages of shell repair (such as the 5 and
15 h time points, Figures 4, 5). In fact, the 5 h implants were
devoid of fibers and the 15 h implants had nearly unobservable
fibers (Figure 7). In general, we observed an increased level of
structural complexity of fibers over the time course of shell repair
(Figures 5–7). The deposition of fibril structures began as quickly
as 5 h after the damage, with fibrils appearing tightly packed and
in a random orientation. The fibrous structures later appeared to
elaborate into a three-dimensional network by 27 h and 6 days
(Figures 4, 7). In addition, a horizontally arranged foliated shell
appeared by day 6, with the fibrous materials and the folia having
an interconnected ultrastructure (Figure 6). Upon treatment

FIGURE 7 | The effects of bleach on stainless steel implants, 5, 15, and 27 h
and 6 days after implantation. Implant after 30 min incubation with 0.5%
bleach treatment shows a total removal of fibril structures at 5 and 15 h (first
and second rows). (right column) Enlarged view of boxed region from E
indicates that fibril structures appeared to become thinner (arrow). Partial
degradation of the implant surface and thinner fibril (arrow) were visible. Scale
bars from left to right, at 5 h (first row): 5 and 2 µm; at 15 h (second row): 40
and 10 µm; at 27 h (third row): 10 and 2 µm; at sixth day (forth row): 10 and
2 µm. Representative regions for the measurement of fibril diameter (FD) are
shown on the right column (white arrows).

with chitinase, the fibril structures remain, but appeared more
membranous (Supplementary Figure S2).

DISCUSSION

One of the goals of biomineralization research is to use
approaches that capture the involvement of cells and molecules
in this process as close to their native biological state as
possible. Previously established work on chitin in mineral and
biological samples were often treated using harsh chemicals
such as NaOH or bleach (Peters, 1972; Ehrlich et al., 2010,
2013). Although these approaches were effective in revealing
the chemical-resistant chitin fibers, cells and other molecules
were degraded. The alternative approach of using advanced
microscopy methods has greatly improved the biological
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FIGURE 8 | Models of chitin assisted mineralization. Cell secretes vesicular chitin, leading to chitin fibril maturation. These fibrils are assembled into a larger chitin
fiber, often followed by multiple fiber assembly into a compact structural framework. This fiber assemblage interacts with chitin-binding domains of extracellular
matrix proteins which in turn are associated with calcite. Upon maturation, lipid membrane (in magenta) disintegrates (dotted outlines). During the assembly process,
necrotic cells (in dotted line) may serve as a supply of vesicular chitin. Two hypothetical models described the potential sources of chitin, mineral, and chitin-binding
proteins for the assembly of minerals. In model 1, different cell types are involved. In model 2, a specialized cell type is responsible to supply all components for
mineralization.

relevance of observations on biominerals, including those related
to chitin. Such methods would include cryo-preservation of
the initial mineralization states in vitrified conditions (Levi-
Kalisman et al., 2001; Addadi and Weiner, 2014). Previous
studies demonstrated that shell repair can be observed on
implants positioned between the shell and the mantle in
C. virginica (Johnstone et al., 2015). In this study, when
CLSM and SEM techniques were combined with the use of
the implant system, we were able to reveal molecular and
cellular aspects of chitin synthesis associated with shell deposition
in real-time and under conditions which approximate in situ
observations.

The use of recombinant green fluorescent protein-tagged
chitin-binding protein has been used in earlier studies to perform
fluorescent labeling of acid-etched shell structures (Nudelman
et al., 2007), demineralized larvae (Schönitzer and Weiss, 2007),
and squid hemocytes (Heath-Heckman and McFall-Ngai, 2011).
The specificity of the chitin probe used in this study and
the association of chitin with hemocytes was confirmed by
subjecting fixed hemocytes to chitinase digestion and then
observing the change in fluorescence by CLSM. Furthermore,
chitin appeared to be involved in anchoring the hemocytes
to the surface of the coverslips, as extended incubation with
chitinase resulted in the loss of adhesive cells from the surface.
This observation implied a role of chitin in cell adhesion and
possibly in the molecular cascade of wound healing (Lee et al.,
2011).

To address how cellular components are involved in
the process of forming new biological minerals, glass
implant surfaces were evaluated using various fluorescent
stains under CLSM. In addition to the chitin probe, we
counterstained cell nuclei and plasma membrane at the active
sites of mineralization. In the early stages of regeneration,

chitin fibers were found near where nuclei and thus
cells were located. In addition, micron-sized structures
that appeared to be membrane-bound stained for chitin,
suggesting that exosomal-like structures are involved in chitin
deposition.

Exosomes, called chitosomes, are well known for the
production of chitin in yeast and fungi (Mills and Cantino,
1981; Gozalbo et al., 1993; Bartnicki-Garcia, 2006). In gastropod
molluscs, chitin secretion appears to derive from Golgi-derived
secretory granules in the columnar cells of mantle epithelia
(Bevelander and Nakahara, 1970; Paillard and Le Pennec,
1993). In the process of periostracum formation, fine materials
with a periodicity of 300 Å were abundant in these enlarged
granules, and the materials are dispersed in the extracellular
environment (Bevelander and Nakahara, 1970). Alternatively,
the production of chitin may begin in the hemocytes where
chitin synthase is abundantly expressed (Zhang et al., 2012;
Ivanina et al., 2017). Furthermore, endogenous chitin production
has been reported in a lysosomal compartment of hemocytes
in squid (Heath-Heckman and McFall-Ngai, 2011). A recent
study on molluscan shell formation examined the cooperative
roles of mantle epithelial tissue and hemocytes (Ivanina et al.,
2017), a relationship which may apply to chitin synthesis.
The origin of the exosomes observed in this study, whether
it is mantle or adherent hemocytes, or both tissues, remains
unresolved.

In addition to the possibility that shell-matrix chitin may
be made in vesicles, calcification sites are also often found
within membrane-bound subcellular compartments. Examples
of such sites include the microvesicles in magnetotactic bacteria
(Hershey et al., 2016), the tubeworm (Neff, 1971), the Golgi
in the coccolithophorids (Young and Henriksen, 2003), and
the pinocytotic proton-transporting vesicles in the foraminifera
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(Bentov et al., 2009; de Nooijer et al., 2009; Toyofuku et al.,
2017). Perhaps the most germane to this study, Mount et al.
(2004) demonstrated the intracellular presence of calcite crystals
in hemocytes of oysters during shell repair. In general, studies
that target the cellular parameters required for biomineralization,
such as intracellular or intraorganellar pH and calcium supply,
are only emerging in the cases of multicellular organisms (Venn
et al., 2009; Chan et al., 2015).

SEM observations of stainless steel implants revealed the
presence of fibers. If these fibers contain chitin, a portion of
them would be expected to be resistant to both bleach and
acid treatments, as demonstrated in this study. Changes in
the fiber dimensions after chemical treatments further suggest
that the chitin does not exist as an isolated component,
but is associated with other organics, such as proteins and
lipids, as well as a calcium carbonate mineral phase. The
presence of thicker fibrils found at 5 h of implantation
compared to later stages could be a consequence of the
inclusion of cellular products such as mineral, lipid membrane
and proteins. In fact, after a 3 h chitinase treatment on an
18 h stainless steel implant, only morphological changes in
fibers occurred without noticeable reduction in their diameter
(Supplementary Figure S2). The complexity of the chitin
structures increased over time, starting with a tightly packed
random orientation and developing into a three dimensional
structure. By the sixth day, the chitin became interconnected
with mineral, which had an ultrastructure that appeared
identical to the native foliated microstructure of the inner
shell layer. The early appearance of chitin and its ultimate
relationship to shell crystals suggests that chitin may play a
significant role in shell regeneration, which resembles normal
shell formation.

Based on previous studies and the work reported herein,
we propose two hypothetical models of chitin involvement
at the mineralization front in oysters (Figure 8). In both
cases, chitin is produced in an intracellular compartment like
the Golgi apparatus. The deposition of chitin at the site
of mineral formation relies on an exosome-like microvesicle
secretion process. These chitin-producing compartments could
be generated from cell types different from those that produce
mineral phase precursors and other organic matrix materials
(model 1) or all these products could be produced by the
same cell type (model 2). The latter products may be released
in exosomes, or by more traditional secretion processes. The
precise cellular origin of chitin exosomes putatively observed
in this study and their cellular relationship of other shell
components await additional study. Furthermore, the fact that
hemocytes are present at the site of shell formation in conjunction
with chitin, their role in secreting chitin or their use of it
as a scaffold to advance mineralization events bears special
scrutiny.
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FIGURE S1 | Cell membrane and chitin on glass implants visualized at 18 h after
implantation. Maximum intensity projection of CLSM image shows the distribution
of chitin (in green, stained by CBD-Alexa 546 probe), its location with respect to
cell nuclei (in blue, stained by DAPI), and cell membrane (in magenta, stained by
CellMask). A merge of all three channels shows a large overlapping of lipid
membrane and chitin signals (white arrows). Fibrous chitin (yellow arrows) and
micron sized particles (magenta arrows) are present.

FIGURE S2 | The effects of chitinase treatment on stainless steel implants 18 h
after implantation. Implant after 3 h of incubation treatment with chitinase shows a
change in fibril morphology. (A–C) Untreated control fibril, (B) is the enlarged box
region of (A), and (C) is the enlarged boxed region of (B). A representative fibril is
indicated by a white arrow. (D–I) Chitinase treated fibril. (E) is the enlarged box
region of D, and F is the enlarged boxed region of panel (E). Degradation by
chitinase caused the implant surface to be more membranous. Panel (G)
represents a mineralized region of the implant which appears to be free of fibrils
after chitinase treatment. Panel (H) is a vesicle rich region and (I) is the enlarged
box region of panel (H). Remaining fibril-like structures are indicated by white
arrows in (F) and (I). Scale bars for (A–D): 10, 5, 3, and 20 µm; (E, F, G, I): 5 µm;
(H): 1 µm.
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