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Assessing the Impacts of Ocean Acidification on Adhesion and Shell Formation in the Barnacle Amphibalanus amphitrite
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Barnacles are dominant members of marine intertidal communities. Their success depends on firm attachment provided by their proteinaceous adhesive and protection imparted by their calcified shell plates. Little is known about how variations in the environment affect adhesion and shell formation processes in barnacles. Increased levels of atmospheric CO2 have led to a reduction in the pH of ocean waters (i.e., ocean acidification), a trend that is expected to continue into the future. Here, we assessed if a reduction in seawater pH, at levels predicted within the next 200 years, would alter physiology, adhesion, and shell formation in the cosmopolitan barnacle Amphibalanus (=Balanus) amphitrite. Juvenile barnacles, settled on silicone substrates, were exposed to one of three static levels of pHT, 8.01, 7.78, or 7.50, for 13 weeks. We found that barnacles were robust to reduced pH, with no effect of pH on physiological metrics (mortality, tissue mass, and presence of eggs). Likewise, adhesive properties (adhesion strength and adhesive plaque gross morphology) were not affected by reduced pH. Shell formation, however, was affected by seawater pH. Shell mass and base plate area were higher in barnacles exposed to reduced pH; barnacles grown at pHT 8.01 exhibited approximately 30% lower shell mass and 20% smaller base plate area as compared to those at pHT 7.50 or 7.78. Enhanced growth at reduced pH appears to be driven by the increased size of the calcite crystals that comprise the shell. Despite enhanced growth, mechanical properties of the base plate (but not the parietal plates) were compromised at the lowest pH level. Barnacle base plates at pHT 7.50 broke more easily and crack propagation, measured through microhardness testing, was significantly affected by seawater pH. Other shell metrics (plate thickness, relative crystallinity, and atomic disorder) were not affected by seawater pH. Hence, a reduction in pH resulted in larger barnacles but with base plates that would crack more readily. It is yet to be determined if such changes would alter the survival of A. amphitrite in the field, but changes in the abundance of this ecologically dominant species would undoubtedly affect the composition of biofouling communities.
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INTRODUCTION

Barnacles are dominant members of marine biofouling communities throughout much of the world’s oceans. They settle and tenaciously adhere to nearly any inert surface in the marine environment, including ship hulls and maritime facilities, and once established can serve as a substrate for less tenacious species. This results in a tremendous cost burden for Naval and maritime industries in the form of coating application, cleaning and maintenance, as well as lost operational time (Callow and Callow, 2011; Schultz et al., 2011).

The success of Balanomorph barnacles depends on the firm attachment provided by their secreted adhesive and the protection imparted by their heavily calcified outer shell plates. Adult barnacles adhere using a largely proteinaceous glue which forms adhesive bonds with surfaces and cures (Walker, 1972; Naldrett, 1993; Kamino et al., 2000; Kamino, 2008). The glue is comprised of at least ten major proteins, which are thought to play differing but specific roles in the adhesion process, including displacement of water from the substratum, integrating the cement with the base plate, adsorption to the substratum, assembly, and curing (Kamino, 2016; So et al., 2016). Shell calcification in juvenile barnacles occurs soon after metamorphosis (LeFurgey et al., 1995). In the genus Amphibalanus, barnacles are protected by six parietal (i.e., lateral) shell plates that sit atop a calcified basal plate (Pitombo, 2004). Shell plates are composed of calcite, held within a matrix of chitin, acidic proteins, and sulfate-rich polymers (Fernandez et al., 2002; Rodriguez-Navarro et al., 2006; Khalifa et al., 2011). The base plate, and a narrow uncalcified growth region, are glued to the substrate. The calcified base plate is composed of layered structures, with grain size of calcite crystallites increasing with distance from the glue layer (Lewis et al., 2014; De Gregorio et al., 2015).

Although we are beginning to understand the biochemical mechanisms involved in barnacle adhesion and shell formation, relatively little is known about how variations in the environment, for example in seawater pH, affect barnacle adhesion and shell formation. Daily, monthly, and seasonal fluctuations in pH have been well-documented in coastal and intertidal habitats and are typically attributed to cycles of photosynthesis and respiration (Truchot and Duhamel-Jouve, 1980; Morris and Taylor, 1983; Wootton et al., 2008; Moulin et al., 2011; Baumann et al., 2015). Assessing the effects of seawater pH is particularly relevant given current and predicted changes in the pH of ocean waters, a process known as ocean acidification (OA). Resulting from the absorption of CO2 by the world’s oceans, the pH of global surface waters has decreased by 0.1 pH units since the industrial revolution and is projected to drop a further 0.3 – 0.5 pH units by the year 2100 (Caldeira and Wickett, 2003; Doney et al., 2009). Such changes will be more extreme in coastal regions, due to a decreased buffering capacity of coastal waters and biological CO2 production (Waldbusser et al., 2011; Baumann et al., 2015). Effects of reduced seawater pH or associated changes in carbonate chemistry (i.e., reduced calcium carbonate saturation states) have previously been found to affect adhesion and shell formation in other marine invertebrates. For example, in marine mussels reduced pH led to diminished attachment strength and changes in the expression of proteins that comprise the byssus and adhesive plaques (O’Donnell et al., 2013; Zhao et al., 2017). Alterations in calcification, growth, and shell properties resulting from decreased pH or calcium carbonate saturation states have been documented in a broad range of calcifying organisms (Kroeker et al., 2010; Kroeker et al., 2013).

Given the general sensitivity of protein conformation to pH, and evidence of a reduction in marine mussel attachment with reduced pH, we hypothesized that the barnacle adhesive system is sensitive to seawater pH. Specifically, we predicted that barnacles grown under different levels of pH would vary in: (1) adhesive strength, and (2) gross morphology of the adhesive plaque (i.e., whether the adhesive plaque was thin and transparent, or thick and opaque when grown on silicone: Berglin and Gatenholm, 2003; Wiegemann and Watermann, 2003; Holm et al., 2005). The effect of reduced pH (to pHNBS 7.4) on barnacle adhesion strength was tested previously in the barnacle Amphibalanus (=Balanus) amphitrite by McDonald et al. (2009), but in this experiment, barnacles were grown on glass and all barnacles broke upon removal. Therefore, force recordings reflected mechanical properties of the shell rather than adhesive properties per se. Here, we assessed if pH affects barnacle adhesion strength when barnacles were grown on silicone coatings and measured following the ASTM “Standard test method for measurement of barnacle adhesion strength in shear” (ASTM International, 2005). In this test, barnacles whose shells break during removal are excluded from analysis, and therefore force measurements are solely dependent on properties of the adhesive bond with the substrate and cohesive properties of the glue itself.

Interestingly, McDonald et al. (2009) observed an overall increase in exoskeleton calcification at pHNBS 7.4 as compared to the ambient level of 8.2, despite weakened mechanical strength of the parietal plates in barnacles exposed to low pH. We predicted that alterations in the shell formation and maintenance processes in barnacles would occur even under more moderately reduced seawater pH. Specifically, we tested the shell size, mass, and plate thickness of barnacles exposed to seawater at pHT (total H+ concentration scale) levels of 8.01, 7.78, and 7.50. These values are common targets in OA studies and approximate the current average for oceanic surface waters (8.01) and predicted global averages for oceanic surface waters in the years ∼2100 and ∼2200, respectively (Caldeira and Wickett, 2003; Doney et al., 2009). Although oceanic pH is a dynamic parameter, which can be influenced by a large number of biotic and abiotic factors (Riebesell et al., 2011), pHT values of 8.01, 7.78 and 7.50 roughly correspond to current atmospheric pCO2 levels (∼400 μatm), twice the current level (∼800 μatm), and four times the current level (∼1600 μatm), respectively. Shell mechanical properties for barnacles grown at these pH levels were assessed in both the base and parietal plates using microhardness testing. Further, using a combination of SEM and FTIR spectroscopy, we tested if alterations in calcification or mechanical properties are driven by changes in ultrastructure, composition, crystallinity, or atomic disorder of the shell plates.

To address these predictions, we exposed juvenile barnacles, Amphibalanus (=Balanus) amphitrite, to one of three static pHT levels (8.01, 7.78, or 7.50) for a total of 13 weeks. A. amphitrite is a cosmopolitan intertidal species, inhabiting tropical and semi-tropical waters, and both larvae and adults of this species have been found to tolerate reduced pH (McDonald et al., 2009). Therefore, in addition to the adhesion and shell formation metrics described, we also assessed if pH affects the general physiology of A. amphitrite. This was done by monitoring mortality throughout the exposure period and assessing tissue mass and the presence of eggs at the conclusion of the experiment. Overall, the goal of this work is to provide a comprehensive assessment of the effect of seawater pH on A. amphitrite; alterations in the presence or abundance of this common species could alter the composition of intertidal and biofouling communities.

MATERIALS AND METHODS

Animal Collection, Larval Culture, and Experimental Exposure

Barnacle larvae were reared from field-collected adult barnacles following the methods of Rittschof et al. (1984, 1992, 2008). Barnacle cyprid larvae were settled on T2 silicone-coated glass panels (15.2 × 7.6 cm) on July 22, 2015. At 11 days post-settlement, barnacles were shipped overnight mail to The College of New Jersey (TCNJ; Ewing, NJ, United States) and placed individually in 1 L plastic bins filled with Artificial Seawater (Instant Ocean, mixed to a salinity of 35).

Panels with juvenile barnacles were randomly assigned to one of three target pHT treatments, 8.01, 7.78, or 7.50, with a total of 8 panels per pH treatment. Replicate panels were split evenly between two, replicate 5 gallon glass aquaria per pH treatment. Panels were placed into their assigned pH treatment on August 19, 2015 (26 days post-settlement). To prevent accumulation of organic matter in tanks and to enhance feeding, panels were removed from the aquaria once a day, 6 days a week, for feeding. Panels were placed individually in 1 L plastic bins (12.5 × 10.5 × 10.5 cm) that had been filled with seawater from the specific aquarium from which that panel had been taken. A dense solution of brine shrimp (Artemia sp.) was distributed evenly among bins using a serological pipette and barnacles fed for approximately an hour per day. Additional detail on feeding can be found in the Supplementary Material. The experimental exposure lasted for 13 weeks (91 days).

Adjustment and Monitoring of Seawater Conditions

Experimental exposures at TCNJ were run in artificial seawater (Instant Ocean), mixed to a salinity of 35. Since Instant Ocean is formulated with total alkalinity (TA) above what is found in natural seawater (SW), TA was reduced to ∼2200 μmol kg-1 SW by addition of 12 M HCl (Lunden et al., 2014). The value of ∼2200 μmol kg-1 SW was chosen to approximate typical TA values in Beaufort, NC where the barnacle broodstock was collected. The TA of artificial seawater was measured following SOP 3b (Dickson et al., 2007) on an automated titrator (Hanna Instruments, HI902) with 0.1 M HCl (Fluke #35335, certified volumetric) as a titrant, and values were checked against certified reference material from the Dickson Laboratory (Scripps Institution of Oceanography, La Jolla, CA, United States). All TA samples were run at least in duplicate.

Target pH and temperature levels were achieved using an automated aquarium control system (Apex AquaController, Neptune Systems), which functioned as both a pHstat and thermostat. Temperature was held at 25°C for all aquaria. Each aquarium was equipped with a temperature probe (Neptune Systems, Extended Life Temperature Probe) and a 50-watt submersible aquarium heater (Aqueon 06105 Pro). Each tank was also equipped with a pH probe (Neptune Systems, Lab Grade pH Probe). Seawater pH was brought to the set point for each aquarium (8.01, 7.78, or 7.50) by addition of pure CO2 gas (AirGas, food grade) or CO2-free air. Water within each aquarium was continuously circulated using an 80 GPH (gallons per hour) submersible aquarium pump (Patuoxun 80 GPH Submersible Pump).

Seawater conditions (salinity, pHT, and temperature) were measured 6 days per week using a handheld multiparameter meter (YSI, Professional Plus). A summary of seawater conditions is provided in Table 1 and reflects multiparameter meter readings. TA was measured weekly as described above. To ensure consistency of temperature and pH monitoring among replicate aquaria, the aquarium control system was calibrated against the multiparameter meter readings. Additional detail on the experimental exposure and monitoring seawater conditions can be found in the Supplementary Material.

TABLE 1. Seawater chemistry parameters (means ± standard deviation).
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Adhesion and Growth Assessments

Adhesion strength in shear (critical shear stress) was measured in all barnacles after 13 weeks exposure. Adhesion testing followed ASTM D 5618-94 (ASTM International, 2005). Barnacles were removed from panels using a hand-held digital force gauge (Shimpo, FGE-5X). Force values were discarded if damage to the barnacle shell or to the silicone panel occurred during removal. To enable determination of base plate area, base plate diameter was measured on each barnacle in two dimensions (along and perpendicular to the operculum) using a digital caliper. Removal force values were normalized to base plate area. The height of each barnacle was also measured with a digital caliper as the perpendicular distance from the bottom of the base plate to the top of the highest parietal plate. Lastly, the presence or absence of gummy, opaque glue (as described in Berglin and Gatenholm, 2003; Wiegemann and Watermann, 2003; Holm et al., 2005) was recorded for each barnacle.

Following assessments, barnacles from each panel were placed in shallow glass finger bowls with seawater taken from the aquarium in which that panel had been held. Within 72 h of removal, barnacles were individually removed from water and dissected to remove the soft body from the shell plates. Opercular plates were removed from the soft tissue and were not included in subsequent analyses. Dissected barnacle bodies were placed individually on pre-weighed pieces of weigh paper, allowed to dry for 48 h at room temperature and then dried in a vacuum oven at 45°C, 25 in. Hg. Dried barnacle bodies were weighed individually on an analytical balance with 0.02 mg precision (Metler-Toledo, XSE105DU) to determine tissue mass. During dissections, the presence or absence of eggs within the mantle cavity was recorded. Eggs, if present, were removed from the mantle cavity but were not included in tissue mass measurements. Remaining barnacle shells (base and all parietal plates) were then cleaned thoroughly with water to ensure all tissue had been removed. Shells were dried overnight at room temperature, then dried in a vacuum oven at 45°C, 25 in. Hg, for 24 h, and then weighed individually on an analytical balance with 0.02 mg precision. Visibly damaged shells were not included in shell mass measurements.

Structural and Mechanical Assessments

All barnacle shells were inspected after shell mass measurements using a stereomicroscope (Leica, S8Apo) and any damage to the base plate that had not been observed by eye (e.g., micro-scale cracks or holes) was recorded. Two undamaged barnacle shells per panel (16 per pH treatment) were then randomly selected for structural and micromechanical assessments. These assessments required embedding and polishing of the shell as shown in Figure 1 and as described in the Supplementary Material.
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FIGURE 1. (A) Assessments of barnacle shell properties were conducted on polished cross-sections of individual barnacle shells, which exposed both the base and parietal plates. (B) Mechanical testing was conducted using microindentation, which results in a diamond shaped indent and induces crack formation (arrows). Image was taken under polarized light, revealing organization of calcite crystals. (C) Shell ultrastructure was assessed using SEM. Shells are comprised of a cobblestone-like network of calcite crystallites, the area of which can be measured using image analysis software.



Thickness of barnacle shell plates was measured on polished shell cross-sections using an upright reflected light microscope (Zeiss AxioScope.A1) equipped with a digital camera (Zeiss Axiocam 105 color). Images were taken of the entire shell cross-section at 2.5 X magnification. Typically, this required 2–4 images per sample, depending on the size of the barnacle. Using the camera’s analysis software (Zeiss Zen 2), a 100 × 100 μm grid was placed on each image. Thickness of the base or parietal plate was measured at each point the grid crossed the plate, resulting in about 40 measurements per shell plate. For the base plate, replicate measurements were averaged to determine the mean base plate thickness for each sample. At least two separate parietal plates were visible in each sample, and measurements were taken within all plates. Replicate measurements were combined among parietal plates, and values were averaged to determine the mean parietal plate thickness for each sample.

Micromechanical properties were quantified using a microindentation hardness tester (Mitutoyo HM-200). Indents were made at 20 g load, 5 s dwell time. Testing was conducted in the base and one of the parietal plates, with 10 replicate indents made in each plate. For the base plate, 5 indents were made on each side of the plate, spaced about 200 μm apart, starting at approximately 500 μm from the distal edge of the plate on each of the two sides (Figure 1A). Replicate indents were typically made throughout the length of a single parietal plate. Individual indents were measured directly on the hardness tester at 50 X magnification in two dimensions, and Vickers microhardness values were automatically calculated. An image of each indent was taken on the hardness tester using a digital microscope camera (Moticam 2.0MP), which enabled quantification of crack propagation (Figure 1B). Crack length was determined as the radius of a circle emanating from the center of the indent and encompassing all visible cracks. Replicate measurements within a shell plate were averaged to determine the mean microhardness and crack propagation for each shell plate.

SEM Imaging, Elemental Analysis, and Calcite Crystal Area Assessment

After micromechanical testing, SEM imaging was conducted on all polished shell cross-sections. Imaging was conducted on uncoated samples, at low vacuum (50 Pa), in back-scattered electron mode on a field emission SEM (Hitachi America, SU5000). An accelerating voltage of 15 kV was used at a working distance of approximately 8 μm. For each sample, images were taken within two separate regions of the base plate, and two regions of one of the parietal plates. In all cases, images were taken in close proximity (typically within 100 μm) to the indents made during micromechanical testing. Images were taken at 1,000 and 5,000X magnification.

Elemental analysis was conducted on all samples at 1,000X magnification using an EDAX EDS (energy dispersive X-ray spectroscopy) detector (AMTEK Materials Analysis Division, Octane Plus). Imaging conditions resulted in a count rate of 5,000–10,000 counts per second. For each region, a total of five point spectra were taken across the region. Replicate spectra were averaged within and between the two regions per plate, to determine the mean elemental composition for each shell plate.

Individual calcite crystals were readily resolved at 5000X magnification (Figure 1C). The area of individual calcite crystals was determined on SEM images using image analysis software (ImageJ, Ver. 1.49). For each image, a total of 15 different calcite crystals were randomly selected for area determination. For selection, a 2 μm2 grid was first placed on the image. Pairs of random numbers were generated using a random number generator, and each pair was used as coordinates to identify a specific calcite crystal on the image. The perimeter of each identified crystal was traced by hand using the polygon tool in ImageJ and area within the traced region was automatically determined. One SEM image per shell plate was assessed, and replicate area measurements within the image were averaged to provide a mean crystal area for each shell plate.

FTIR Analysis

FTIR spectroscopy was used to assess: (1) the polymorph of calcium carbonate present in barnacle shells; (2) relative crystallinity of shells and; (3) atomic disorder of shells. Spectra were collected for polymorph and relative crystallinity determination using a PerkinElmer Spectrum Two spectrometer and for atomic disorder using a PerkinElmer Spectrum 100 spectrometer. In all cases, individual barnacle shells that had been cleaned of soft tissue were powdered using a mortar and pestle. For these assessments, the base and all parietal plates were included for each sample, but the opercular plates had been removed. Powdered sample was placed directly on the instrument’s ATR (attenuated total reflectance) crystal and compressed to a uniform force with a built-in anvil. Spectra were taken at 4 wavenumbers resolution, with 32 scans per sample. Spectra were normalized and baseline corrected within the 600–2000 cm-1 region. The ratio of ν2 to ν4 peak absorbance was used as a measure of crystallinity of the shells (Beniash et al., 1997). For atomic disorder assessments, each sample was ground into a coarse powder for the first spectrum. Following the first spectrum the sample was then ground with the mortar and pestle to make a slightly finer powder, and a second spectrum was acquired. This process was carried out 5–8 times, depending on how much the spectrum changed after each subsequent grind. Each spectrum was ATR corrected and background removed before peak height measurements were acquired following Regev et al. (2010).

Statistical Analysis

Statistical analyses were conducted using SPSS (V. 23, IBM Analytics). Categorical data (mortality, presence of eggs, expression of gummy glue) were assessed using chi-square tests. All other data were assessed using one-way ANOVA (analysis of variance) followed by Tukey HSD post hoc testing. Prior to analyses, outliers were calculated for all metrics as values greater than three times the interquartile range above or below the third or first quartile, respectively, and were removed from the dataset. Following removal of outliers, assumptions of normality and equal variance were assessed using Shapiro–Wilk and Levene tests, respectively, and data were log transformed if necessary to meet these assumptions. If assumptions of normality or equal variance could not be met after log transforming data, a non-parametric Kruskal–Wallis test was used in place of the parametric ANOVA. In all cases, individual barnacles within a pH treatment were pooled among panels and tanks and treated as individual replicates. Testing for both panel and tank effects was conducted for metrics yielding a significant response to pH. No significant panel or tank effects were found.

RESULTS

Seawater Chemistry

A summary of seawater chemistry over the 13 week exposure is provided in Table 1. pH targets were met in all treatments throughout the duration of the exposure. As expected, pCO2 increased with decreasing pH. Seawater remained supersaturated with respect to calcite for all treatments. Total alkalinity tended to be higher in pH 7.50 aquaria as compared to those at pH 7.78 and 8.01.

Physiology

Mortality of barnacles was low and variable throughout the experimental exposure and was not significantly influenced by pH treatment (chi-square: p > 0.05). Cumulative mortality was 21.0, 25.3, and 14.7% for the 7.50, 7.78, and 8.01 pH treatments, respectively. The value for the 8.01 treatment excludes a single panel in which 85% of barnacles died during the third week of the exposure. The reason for this die-off is unknown, but given that this level of mortality was not observed in any of the other panels, it is unlikely that this was driven by pH treatment.

Barnacles were dissected at the conclusion of the experiment, enabling quantification of soft body tissue mass and identification of eggs within the mantle cavity. The effect of pH treatment on tissue dry mass was not significant (Tables 2, 3). At the conclusion of the experiment, nearly all barnacles had eggs within the mantle cavity (96.4, 95.2, and 94.6% of barnacles in the 7.50, 7.78, and 8.01 pH treatments, respectively); the proportion of ovigerous barnacles was not affected by pH treatment (chi-square: p > 0.05).

TABLE 2. Assessment of the effects of seawater pH on physiology, adhesion, and shell formation in the barnacle Amphibalanus amphitrite.
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TABLE 3. Summary statistics for physiology, adhesion, and shell formation metrics.
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Adhesion

Adhesion strength, measured as critical shear force, was assessed after the 13 week exposure. Adhesion strength was not affected by pH treatment (Tables 2, 3). Likewise, the proportion of barnacles expressing opaque, gummy glue was not affected by pH treatment (chi-square: p > 0.05). Gummy glue was found on the base of most barnacles, with 72.9, 80.8, and 62.9% of barnacles exhibiting gummy glue in the 7.50, 7.78, and 8.01 pH treatments, respectively.

Shell Formation

Assessments of shell growth and materials properties were conducted following adhesion assays. Exposure pH was found to significantly affect barnacle shell mass and the area of the base plate (Tables 2, 3 and Supplementary Figure S1). Barnacles grown at pH 8.01 exhibited approximately 30% lower shell mass and 20% smaller base plate area as compared to barnacles grown at pH 7.50 or 7.78. Height of the barnacles, measured from the base plate to the highest parietal plate, was not affected by exposure pH (Tables 2, 3). Shell thickness was measured in both the base and parietal plates on polished shell cross-sections (see Figure 1A). Exposure pH did not significantly influence thickness in either the base or parietal plates. SEM imaging of polished cross-sections revealed a cobblestone like composite of calcite crystals (Figure 1C). Exposure pH was found to significantly alter calcite crystal area in both the base and parietal plates (Tables 2, 3 an Supplementary Figure S1). In the base plate, calcite crystals were approximately 95% smaller in barnacles grown at pH 8.01 as compared to barnacles grown at pH 7.50 or 7.78. The difference in calcite crystal area was less pronounced in the parietal plates, but on average calcite crystals were 35 and 23% smaller in barnacles grown at pH 8.01 as compared to barnacles grown at pH 7.50 or 7.78, respectively.

Qualitative assessments of barnacle base plates following adhesion testing and dissection suggested that damage to the base plate (identified by the presence of cracks or holes) occurred more often in barnacles exposed to pH 7.50 as compared to those exposed to pH 7.78 or 8.01. Base plate damage was identified in 38.6% of barnacles grown at pH 7.50 as compared to 21.3 and 18.8% at pH 7.78 and 8.01, respectively. Rigorous assessments of micromechanical properties were conducted on polished shell cross-sections. Mechanical testing revealed that microhardness was not affected by exposure pH in the base or parietal plates (Tables 2, 3). A significant overall effect of pH on crack propagation, however, was observed when tested in the base plate (Table 2 and Supplementary Figure S1). Within the base plate, cracks radiating from indents were, on average, 28% longer in barnacles exposed to pH 7.50 as compared to those at pH 8.01 (Figure 2; Tukey HSD: p = 0.058). Crack propagation was not affected by exposure pH when tested in the parietal plates.
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FIGURE 2. Indents and cracks (arrows) resulting from mechanical testing within the base plate of a barnacle (A. amphitrite) held as pH 8.01 (left) and 7.50 (right).



FTIR spectroscopy was used to assess the polymorph of calcium carbonate present in barnacle shells, as well as their relative crystallinity and atomic disorder. Spectroscopy was conducted on powdered shell samples and both base and all parietal plates were included in each sample. At all pH levels, identified peaks were characteristic of calcite with no other polymorphs of calcium carbonate present (Figure 3). Relative crystallinity of the shells (assessed as the ratio of the ν2 to ν4 absorbance) was not affected by pH (Tables 2, 3). Atomic disorder, assessed through FTIR grinding curves, varied among samples and was not significantly affected by pH (Tables 2, 3).
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FIGURE 3. Representative FTIR spectra of a powdered barnacle (A. amphitrite) shell with peaks characteristic of calcite. The ν2, ν3, and ν4 peaks, used for crystallinity and atomic order assessments, are labeled.



Elemental composition was assessed on polished shell cross-sections using EDS. Eight elements were identified in all samples: in order of abundance, Ca, O, C, S, Sr, Mg, Na, and Cl. The vast majority of the shell was comprised of Ca, O and C, with all other elements occurring at less than 1 wt %. Exposure pH did not affect calcium content when assessed in the base or parietal plates (Tables 2, 3). While no elements showed a significant effect of pH, magnesium content tended to be lower (on average by 19%) in barnacles exposed pH 7.50 as compared to those at pH 8.01 (Table 3; Tukey HSD: p = 0.052; Supplementary Figure S1).

DISCUSSION

Barnacles are dominant members of marine intertidal communities and their success depends on both the firm attachment provided by their proteinaceous adhesive and the protection imparted by their calcified shell plates. Here we assessed if a reduction in static seawater pH, at levels predicted within the next 200 years (i.e., to pHT 7.78 and 7.50, based on oceanic projections), would alter physiology, adhesion, and shell formation in the cosmopolitan barnacle A. amphitrite. Changes in the abundance of A. amphitrite could affect the composition of biofouling communities. We found that barnacles were generally robust to reduced pH, with no effect of pH on physiological metrics, and, contrary to our prediction, adhesive properties were not affected by reduced pH. Shell mass and base plate area were found to be higher in barnacles exposed to even moderately reduced pH, a trend that appears to be driven by increased size of the calcite crystals that comprise the shell. Although microhardness of the shell plates, a measure of resistance to permanent or plastic deformation, was not affected by pH, the length of cracks propagating from indents in the base plate was, suggesting that the toughness of base plates grown at the lowest pH level was reduced. Hence, a reduction in pH resulted in larger barnacles but with base plates that would crack more readily.

Physiology

Over the course of 13 weeks, we found no effect of seawater pH on cumulative mortality, tissue mass, or egg production in A. amphitrite. Assessments of OA responses in juvenile or adult A. amphitrite are limited, but consistent with our observations, McDonald et al. (2009) found no effect of pH on A. amphitrite egg production after 11 weeks exposure to pHNBS 7.4. Campanati et al. (2016) exposed A. amphitrite larvae to reduced pH (pHNBS 7.6) and tracked survival of juveniles settled from these larvae for 11 days. Mortality was actually reduced at low pH as compared to the pHNBS 8.2 control when assessed at 3 and 9 days post-settlement. At their final time point (11 days post settlement), there was no effect of seawater pH on juvenile survival.

Amphibalanus improvisus (Pansch et al., 2014; Eriander et al., 2016) and Elminius modestus (Findlay et al., 2010a) have also been found to be robust to OA, as least in terms of survival and reproduction. Eriander et al. (2016) found no effect of reduced seawater pH (to pHNBS 7.7) on mortality in A. improvisus over 12 weeks, either when the pH reduction was kept at a stable level or when pH was allowed to fluctuate over the course of the day to mimic diurnal pH cycles. Pansch et al. (2014) similarly found no effect of reduced pH on A. improvisus mortality or reproduction (larval release rate) after 20 weeks in juveniles collected from a field site that shows natural variability in seawater pH (Kiel Fjord, Germany). In contrast though, juveniles collected from a field site with limited variability in seawater pH (Tjärnö Archipelago, Sweden) showed increased mortality at the lowest pH tested (pHNBS 7.2). Exposure of Elminius modestus to reduced pH (pHNBS 7.7) for 30 days did not affect mortality when tested at 14 or 19°C (Findlay et al., 2010a).

Semibalanus balanoides, a boreoarcitic species, appears considerably more sensitive to OA. Increased mortality has been shown in both short (30 days) and longer term (80 or 104 days) exposures to reduced pH (pHNBS 7.7–7.8)(Findlay et al., 2009, 2010a; Harvey and Moore, 2017). Barnacles in these studies were collected near the southern limit of the range for S. balanoides. Similar to what was shown for A. improvisus, environmental conditions of the collection site impacted responses to OA (Findlay et al., 2010b). When Findlay et al. (2010b) exposed S. balanoides collected near the northern limit of their range to reduced pH (to pHNBS 7.7 or 7.3) for 20 days, survival of juveniles did not differ from the pHNBS 8.1 control. Hence, barnacles show a mixed response to seawater pH. Individual responses vary by species as well as within a species based on local conditions of the breeding population.

In general, crustaceans tend to be more tolerant of the effects of OA as compared to other taxa that build a mineralized shell (e.g., mollusks, corals: Kroeker et al., 2013) and such tolerance has been hypothesized to be due to their capacity for ion and acid-base regulation (Melzner et al., 2009; Whiteley, 2011). Populations that are routinely exposed to varying environmental conditions are likely to exhibit a considerable scope for physiological adjustment to a changing environment, making them well-adapted physiologically to changes in seawater pH (Wong et al., 2011; Pansch et al., 2012, 2013). In A. amphitrite larvae for example, expression of energy metabolism related proteins was altered at reduced pH, illustrating the potential for proteomic plasticity in this robust species, and a possible mechanism for mediating the stress of OA (Wong et al., 2011). Variations among species and populations may stem from differences in ion and acid-base regulation ability, as well as differences in the ability to adjust energy metabolism (Whiteley, 2011).

Adhesion

We hypothesized that the barnacle adhesive system is sensitive to seawater pH, and based on this hypothesis, tested the prediction that barnacles grown under different levels of pH would vary in adhesive strength and gross morphology of the adhesive plaque. Previous work with marine mussels (Mytilus trossulus) found a reduction in both strength and extensibility of byssal threads when animals were exposed to reduced pH (tested at a range of pHT values from 8.1 to 7.5: O’Donnell et al., 2013). Such changes in mechanical properties of the byssal threads were calculated to lead to a 35-41% reduction in attachment tenacity, which could substantially affect a mussel’s ability to anchor itself in high energy environments. O’Donnell et al. (2013) suggest that this response is due to sensitivity of DOPA (dihydroxyphenylalanine) to pH. DOPA is a major component of byssal threads that is involved in cross-linking and adhesion. A similar response was found in the mussel Mytilus coruscus (Zhao et al., 2017). Decreased pH (tested at a range of pHNBS values from 8.1 to 7.4) led to a decrease in byssal thread breaking force and toughness, as well as a reduction in the number of threads produced. Incorporating mechanical data with thread counts per mussel, Zhao et al. (2017) predicted a 60–65% reduction in attachment tenacity. Reduced seawater pH also led to significant alteration in expression of byssal thread related genes, thereby providing a mechanism that, in combination with direct effects of pH on DOPA chemistry, could explain the response of byssal threads to reduced pH.

Data collected here did not support the hypothesis that the barnacle adhesive system is sensitive to seawater pH; neither adhesive strength (measured in shear following the ASTM standard for measurement of barnacle adhesive strength: ASTM International, 2005) nor the gross morphology of the adhesive plaque (i.e., if the glue layer was thin and hard or thick and gummy) were affected by seawater pH. A number of factors may contribute to the observed difference in sensitivity to pH between marine mussels and the barnacle (A. amphitrite) tested here. First, the Balanomorph barnacle adhesive system is fundamentally different from that of marine mussels in that the adhesive interface is relatively protected from the external environment. Glue is delivered directly to the substrate at the periphery of the base and parietal plates (Saroyan et al., 1970; Burden et al., 2014). Although the cured glue layer is partially hydrated (Barlow et al., 2009), there is no component of the adhesive system that is constantly exposed to seawater, as is the case for a mussel’s byssal threads. Second, the chemistry of barnacle glue differs from that of marine mussels. Barnacle glue is composed of at least ten major proteins, which play differing but specific roles in the adhesion process (Kamino, 2016; So et al., 2016). DOPA, which is pH sensitive (O’Donnell et al., 2013), has not been identified in barnacle glue (Naldrett, 1993; Kamino et al., 1996; Naldrett and Kaplan, 1997), although evidence of oxidative activity and cross-linking has been found (Dickinson, 2008; Golden et al., 2016; Essock-Burns et al., 2017; So et al., 2017). The sensitivity of isolated barnacle glue proteins to altered pH has yet to be assessed. Last, reduced seawater pH may lead to changes in the suite of glue proteins expressed, either in terms of the specific proteins expressed or the relative abundance of these proteins. Such a mechanism has not been tested in barnacles, but hypothetically could compensate for altered structure and activity of individual glue proteins. Recent advances in sequencing of the barnacle glue proteome (Wang et al., 2015; So et al., 2016) will enable direct assessment of proteomic responses to varied seawater conditions.

In our study, barnacles were settled on silicone substrates, which enabled them to be removed intact. Individuals with broken shells were excluded from analysis, and therefore the response to pH described here reflects only adhesive and cohesive properties of the adhesive plaque. When barnacles were settled on hydrophilic glass beakers, the force required to shear the barnacles from the glass was actually enhanced in barnacles exposed to reduced pH (McDonald et al., 2009). In this case, all barnacles broke upon removal. On hydrophilic substrates, mechanical properties of the shell plates are weaker than the adhesive bond between the glue layer and the substrate, and therefore shear removal measurements reflect integrity of the lower shell plates where the force is applied. McDonald et al. (2009) suggest that thickening of the growing edge of the barnacle was responsible for the observed difference in shear removal force. Clearly surface chemistry, and hence whether failure will occur within the adhesive layer or within the shell plates, will mediate the effect of seawater pH on attachment tenacity. Assessments of barnacle responses to varied pH when grown on substrates that naturally occur in the marine environment may shed light on if OA will affect attachment ability in the field.

Shell Formation

Consistent with what was found previously for A. amphitrite (McDonald et al., 2009), reduced seawater pH resulted in elevated shell formation. We found that even a moderate reduction in seawater pH (to pHT 7.78) resulted in greater shell mass as compared to the pHT 8.01 control. After 13 weeks growth, barnacle base plates were larger at reduced pH. Thickness of shell plates, measured directly on cross-sectioned shells, was not affected by seawater pH, although thickness of the parietal plates did tend to increase with decreasing pH. Enhanced shell formation at reduced seawater pH has been documented in several other crustaceans (i.e., Callinectes sapidus, Penaeus plebejus, Homarus americanus: Ries et al., 2009). Given that bicarbonate ion concentration increases under OA (increased pCO2), enhanced growth in crustaceans may stem from their ability to utilize bicarbonate in the mineralization process (Cameron and Wood, 1985; Whiteley, 2011; Roleda et al., 2012). Enhanced growth though, is not universal in crustaceans (e.g., mixed growth responses have been observed in A. improvisus and S. balanoides: Findlay et al., 2010b; Pansch et al., 2014) and likely depends on an individual’s capacity to mitigate the stress of reduced pH (see Section “Physiology”).

Scanning electron microscopy imaging of cross-sectioned barnacle shells revealed that the shell plates were composed of crystals, with dimensions on the order of 1 μm. FTIR spectroscopy confirmed that these crystallites were composed of calcite with no other polymorphs of calcium carbonate present, and EDS spectroscopy identified both magnesium and strontium within the calcitic shell plates. Consistent with previous assessments of A. amphitrite shells, individual crystallites were irregular in shape, did not take on a uniform orientation, and the boundaries of larger crystals appear rough, suggestive of smaller crystallites on the surface of the larger crystals (Khalifa et al., 2011; Lewis et al., 2014). The organic matrix surrounding calcite crystals is composed of chitin, acidic proteins, and sulfate-rich polymers (Fernandez et al., 2002; Rodriguez-Navarro et al., 2006; Khalifa et al., 2011), and in A. amphitrite comprises approximately 2 wt% of the shell (Khalifa et al., 2011). We did not assess the organic matrix specifically in this study, but observations of a double peak at 1145 cm-1 in the FTIR spectrum (taken on whole, crushed shells) are suggestive of sulfate-rich polymers within the organic matrix (Khalifa et al., 2011).

Although seawater pH did not alter the overall shape or orientation of calcite crystals, the size of individual crystals increased dramatically in barnacles grown at reduced seawater pH. Calcite crystals comprising the base plate were nearly twice as large in barnacles at reduced pH (pHT 7.50 or 7.78) as compared to the pHT 8.01 control. Seawater pH resulted in a graded response in parietal plates, with the largest calcite crystals at the lowest seawater pH, a trend that closely followed parietal plate thickness. Shell formation in barnacles is directed by cells of the mantle epithelium, which participate in deposition of organic matrix and calcium transport (Nousek, 1984; Fernandez et al., 2002; Rodriguez-Navarro et al., 2006; Gohad et al., 2009). Crystal nucleation, structure, and orientation of calcite crystals is proposed to be controlled by the organic matrix (Fernandez et al., 2002; Khalifa et al., 2011).

At present, the mechanisms driving such differences in calcite crystal size are unclear. Increased size of calcite crystals under reduced seawater pH may reflect differences in the process of organic matrix deposition by mantle cells or the rate by which matrix deposition occurs. Similar to what was observed here, an increase in the size of shell microstructures (folia) was observed in eastern oysters (Crassostrea virginica) when exposed to pHNBS 7.5 for 20 weeks (Beniash et al., 2010). In this case it was proposed that energy limitations could impede organic matrix deposition or cell division. Here though, we did not observe an effect of seawater pH on A. amphitrite soft tissue mass, and therefore it does not appear as though animals at reduced pH were functioning under an energy deficit. An alternative hypothesis is that reduced seawater pH led to differences in intracellular pH, which could alter the ability of cells to participate in the mineralization process. In another crustacean (the Tanner crab, Chionoecetes bairdi), a reduction in intracellular pH was observed in animals held at reduced pH, a response that was proposed to have implications on the shell formation process (Meseck et al., 2016). Direct assessments of intracellular pH in barnacles grown at reduced pH as well as further investigation into the role of cells in the shell formation process in barnacles would be helpful in evaluating these mechanisms.

Changes in the shell formation process under reduced pH may have implications in terms of functionality of the shell. The base plates of barnacles grown at the lowest pH tested (pHT 7.50) tended to break more easily than those of barnacles grown at pHT 7.78 or 8.01. Rigorous mechanical testing supported this observation. When tested in the base plate, hardness, a material’s ability to resist plastic or permanent deformation, was not affected by pH, but the cracks that propagated from mechanical tests were longer at low pH, indicating that reduced seawater pH led to a reduction in toughness. This response may partially be driven by the dramatic increase in calcite crystal size at low pH. Larger crystals would imply a lower ratio of organic to inorganic material within the shell. Organic matrix plays an important toughening role in biological materials, serving to trap and deflect cracks (Fratzl et al., 2007; Beniash et al., 2010; Meyers and Chen, 2014). Therefore, as the ratio of organic matrix to inorganic mineral decreases, crack deflection ability is also diminished. This mechanism, however, cannot fully explain the trends observed, given that animals at pHT 7.78 showed larger calcite crystal size but did not exhibit a reduction in base plate toughness.

Several additional factors could contribute to the observed reduction in base plate toughness. Assessment of the shell organic matrix was beyond the scope of this study, but given the ability of the organic matrix to trap and deflect cracks (Fratzl et al., 2007; Meyers and Chen, 2014) alterations in the composition or density of the organic matrix could also lead to changes in toughness. Considering the calcite crystals themselves, two factors could have influenced mechanical properties. First, organic constituents (e.g., amino acids) can be occluded within biogenic calcite crystals and can dramatically impact mechanical properties via alterations in the crystal lattice (Cho et al., 2016; Kim et al., 2016). If the identity or quantity of these organic inclusions was altered at low pH, this could influence shell mechanical properties. Second, inclusion of magnesium into the calcite crystal lattice can have a major impact on mechanical properties of shells, with the addition of even small amounts of magnesium leading to enhanced mechanical properties (Kunitake et al., 2012; Long et al., 2014). Correspondingly, in the base plate of pHT 7.50 barnacles, we observed a trend (p = 0.056) toward decreased magnesium content as compared to animals at pHT 7.78 or 8.01. Such a reduction in magnesium content could contribute to the observed reduction in toughness. At this point it is unclear if the reduced magnesium content at low pH is due to lower uptake and incorporation of magnesium, or increased dissolution of weekly bound magnesium (Findlay et al., 2009).

A reduction in the force needed to break parietal plates was observed previously in A. amphitrite (McDonald et al., 2009) and A. improvisus (Pansch et al., 2013) after exposure to reduced pH. Force needed to break parietal plates was not assessed in this study, but at the micro-scale, we did not observe an effect of seawater pH on parietal plate hardness or crack propagation. Hence differences in force needed to break parietal plates may stem from structural changes in the plates (e.g., local dissolution of mineral: McDonald et al., 2009), rather than differences in their material properties. We did not observe damage or erosion of parietal plates for any of the treatments in this study, although alkalinity was consistently elevated at pHT 7.50, suggesting that some dissolution of shells at this pH may have occurred.

Neither shell crystallinity nor atomic disorder, both measures of the level of structural order within a crystal at the atomic scale, were affected by seawater pH. Changes in formation conditions or the composition of molecules at the time of crystal formation could affect these metrics (Khalifa et al., 2011). Interestingly, although the mean values of these metrics were not significantly affected by seawater pH, variance around the mean was dramatically greater at reduced pH as compared to pHT 8.01 (e.g., for atomic disorder, standard error at reduced pH was 4–5 times greater than at pHT 8.01). This suggests that reduced pH may increase variability among individuals in their ability to control the environment in which mineral forms. A similar response in terms of increased variability in crystal properties among individuals at decreased pH was observed previously in the marine mussel, Mytilus californianus (McCoy et al., 2018).

CONCLUSION

A reduction in static seawater pH at levels predicted within the next 200 years (i.e., to pHT 7.78 and 7.50, based on oceanic projections: Caldeira and Wickett, 2003; Doney et al., 2009) had little impact on physiological and adhesive metrics in the barnacle A. amphitrite. Shell growth, though, was significantly enhanced at reduced pH, while toughness of the base plate was diminished at pHT 7.50. If these changes impact the survival of A. amphitrite in the field, and how growth in a dynamic, natural environment would affect the magnitude of such changes, are yet to be determined. Alterations in the abundance of this ecologically dominant species, if they were to occur, would undoubtedly affect the composition of biofouling communities. Given the economic impact of marine biofouling (Callow and Callow, 2011; Schultz et al., 2011), additional assessments of A. amphitrite under changing environmental conditions are warranted. Multi-stressor and transgenerational assessments, as well as experiments that test natural sources of mortality in barnacles (e.g., predators or hydrodynamic stresses) would be especially helpful in predicting population level responses in A. amphitrite.
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Means =+ standard error (SE) and sample sizes are shown. Groups marked with different letters are significantly different as shown by Tukey HSD post hoc analysis.

Parameter Mean & SE n Mean + SE n Mean + SE
Physiology
Tissue dry mass (mg) 0.94 +0.06 45 1.06 + 0.06 40 1.08 4 0.05
Adhesion
Adhesive strength (MPa) 0.10:£0.01 58 0.09 £ 0.01 50 0.10£0.01
Shell formation
Whole shell
Dry mass (mg) 125+£0.74 4 16.4 £ 1.18 44 16.2 +£0.98
Height (mm) 2.43+0.06 59 2,53+ 0.07 52 2.53+0.06
Crystalinity (v2/va) 429+ 0,05 8 445+ 017 8 4254010
Atomic disorder (slope of va/va Vs. va/va) 2.04£0.12 4 2.33+0.56 3 1.53+0.48
Base plate
Area (mm?) 153074 59 18.4.+0.88 52 18.1+0.78
Thickness (jurm) 116+ 10.4 16 98+63 15 122£85
Microhardness (VHN) 256 + 9.0 16 245+ 88 16 2524103
Crack propagation (um) 12006 15 126+08 16 163:£1.2
Calcite crystal area (um?) 0.74 £ 0,054 16 1.45+0.128 16 1.46 +0.158
Ca content (wt %) 39.6+08 16 400+ 08 16 399408
Mg content (wt %) 0.49 £ 0.03 16 0.47 £0.03 16 0.41+0.02
Parietal plate
Thickness (jurm) 214+86 14 239+ 12.8 16 257 +193
Microhardness (VHN) 251493 16 256+ 12.3 16 2434119
Crack propagation (um) 10.8+0.7 16 11306 16 10.6+0.6
Calcite crystal area (um?) 113+ 005" 16 1.39 4 0.088 16 1.52 +0.108
Ca content (wt %) 41.6+08 16 417408 16 420406
Mg content (wt %) 039 +0.02 16 0.38+0.03 16 0.36+0.01
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Shell formation
Whole shell
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Base plate
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Microhardness
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Calcite crystal area
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Parietal plate
Thickness
Microhardness
Crack propagation
Calcite crystal area
Ca content
Mg content

134

168

172

171
46
47
46
47
47
47

2
47
2
47
47
47

Test statistic

1.860

1.363

8.366
0.938
1.088
1.021

6.016
2.019
0.367
3.244
16.736
0.094
3.083

2.642
0.354
1.108
7.080
0.076
0.620

0.160

0.259

0.015
0.393
0.581
0.408

0.003
0.145
0.695
0.049
0.000
0.911
0.056

0.267
0.704
0.575
0.002
0.927
0.542

ANOVA results are shown for all metrics except shell dry mass, crystallinity, parietal
plate thickness, and parietal plate crack propagation, where Kruskal-Wallis tests
were applied. Significant p-values are shown in bold.
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PHT, temperature, and salinity were measured 6 days per week (n = 76), total
alkalinity was measured weekly (n = 12). pCO,, DIC (dissolved inorganic carbon),
HCOg3, CO§_, and Qcacite (saturation state with respect to calcite) were calculated

using CO2Calc.
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