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Exposure to oil from the Deepwater Horizon spill may have lasting impacts on preservation of historic shipwrecks in the Gulf of Mexico. Submerged steel structures, including shipwrecks, serve as artificial reefs and become hotspots of biodiversity in the deep sea. Marine biofilms on submerged structures support settlement of micro- and macro-biota and may enhance and protect against corrosion. Disruptions in the local environment, including oil spills, may impact the role that biofilms play in reef preservation. To determine how the Deepwater Horizon spill potentially impacted shipwreck biofilms and the functional roles of the biofilm microbiome, experiments containing carbon steels disks (CSDs) were placed at five historic shipwreck sites located within, and external to the benthic footprint of the Deepwater Horizon spill. The CSDs were incubated for 16 weeks to enable colonization by biofilm-forming microorganisms and to provide time for in situ corrosion to occur. Biofilms from the CSDs, as well as sediment and water microbiomes, were collected and analyzed by 16S rRNA amplicon gene sequencing to describe community composition and determine the source of taxa colonizing biofilms. Biofilm metagenomes were sequenced to compare differential gene abundances at spill-impacted and reference sites. Biofilms were dominated by Zeta-, Alpha-, Epsilon-, and Gamma-proteobacteria. Sequences affiliated with the Mariprofundus and Sulfurimonas genera were prolific, and Roseobacter, and Colwellia genera were also abundant. Analysis of 16S rRNA sequences from sediment, water, and biofilms revealed sediment to be the main known source of taxa to biofilms at impacted sites. Differential gene abundance analysis revealed the two-component response regulator CreC, a gene involved in environmental stress response, to be elevated at reference sites compared to impacted sites within the spill plume fallout area on the seafloor. Genes for chemotaxis, motility, and alcohol dehydrogenases were differentially abundant at reference vs. impacted sites. Metal loss on CSDs was elevated at sites within the spill fallout plume. Time series images reveal that metal loss at a heavily impacted site, the German Submarine U-166, has accelerated since the spill in 2010. This study provides evidence that spill residues on the seafloor may impact biofilm communities and the preservation of historic steel shipwrecks.
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INTRODUCTION

Biofilms form on surfaces in the marine environment when microorganisms adhere to solid substrates and develop a thin layer of cells and extracellular polymeric substances (EPS) (Qian et al., 2007). EPS provide stability, protection, nutrition, and recruitment cues to the microbiome, and promote the recruitment of macro-organisms on artificial reefs (Svane and Petersen, 2001). Biofilm resiliency, spatial organization, and interspecies interaction are determined by physical, biological, and chemical factors in the local environment (Garrett et al., 2008; Brauer et al., 2015). Accordingly, the dominant phylotypes in a biofilm are dictated by environmental conditions and the substrate to which they attach.

Historic shipwrecks provide substrate for attachment of marine biofilms. As the biofilm matures, fauna recruit to the shipwreck’s surface, creating an artificial reef that becomes a diverse community of organisms. Marine biofilm maturation in shallow water (less than 200 m) may occur rapidly (4–30 days) (Teitzel and Parsek, 2003; Acuña et al., 2006; Barraud et al., 2006; Bermont-Bouis et al., 2007; Nithya et al., 2010), although little is known about the formation of marine biofilms in the deep sea (McBeth and Emerson, 2016).

Carbon steel was used to construct World War II-era ships, and is still used in ship hull construction and other marine infrastructure (McBeth et al., 2011). Carbon steel is inexpensive, easy to cast, and has high tensile strength. However, due to its high iron content (99%), it is susceptible to corrosion. The corrosive effects of microbial biofilms on steel surfaces in shallow environments have been extensively studied (Little et al., 2008, and references therein). Microbial biofilms have been linked to ennoblement of corrosion potential and sulfide derivitization of metal resulting from the metabolism of sulfate-reducing bacteria (SRB) that leads to surface corrosion. Microbially-induced corrosion (MIC) is a biologically-mediated process by which conditions for corrosion at a metal surface are enhanced by bacteria in the environment (Cullimore and Johnston, 2008; McBeth et al., 2011). MIC couples corrosion and microbiological processes, yet the underlying mechanisms are poorly known (Little and Lee, 2014).

Metal surfaces including carbon steel are a source of Fe(II) ions, and serve as a substrate for iron-oxidizing bacteria (FeOB) (McBeth et al., 2011). FeOB form a symbiotic relationship with iron-reducing bacteria (FeRB) to use the metal surface as a source of energy. As a result, iron cycling occurs at the metal surface, which eventually leads to pitting (Lee et al., 2013). As oxygen is utilized in a biofilm and it shifts from an aerobic to anaerobic niche, SRB become the dominant phylotype in the MIC process. As SRB reduce sulfate to hydrogen sulfide, iron sulfides are formed which are highly corrosive to carbon steel (AlAbbas et al., 2013). Previous studies have observed higher corrosion rates associated with SRB biofilms in field and laboratory experiments (Beech and Campbell, 2008; Landoulsi et al., 2008; Little et al., 2008; Enning et al., 2012; Enning and Garrelfs, 2014; Vigneron et al., 2016). In addition, SRB and iron-related bacteria (i.e., FeOB, FeRB) have also been shown to be active in MIC of steel shipwrecks in the Gulf of Mexico (Cullimore and Johnston, 2008).

While biofilms on metal accelerate corrosion above that expected from abiotic processes, some biofilms form protective surfaces through deposition of biomass and EPS which may decrease access for abiotic corrosion. Accordingly, biofilms may assist with historic preservation of metal shipwrecks (Beech and Cheung, 1995). However, the local environment dictates the characteristics of marine biofilms (Garrett et al., 2008; Brauer et al., 2015), and thus, perturbations may lead to changes in biofilm composition and function (Salerno et al., 2018).

The in situ effects of oil exposure to marine biofilms following a major spill has not been studied. Crude oil may provide metabolites to biofilm-forming anaerobic bacteria that utilize carbon and sulfur from oil (Aktas et al., 2010). As anaerobic niches in biofilms emerge, oil-degrading bacteria may consume oil and generate metabolites which could potentially accelerate MIC (Little et al., 2008; Pi et al., 2017). Recently, Salerno et al. (2018) assessed the potential impacts of oil on biofilm composition and MIC in laboratory experiments. The study revealed that prolonged oil exposure resulted in a shift in microbial community composition toward oil-degrading taxa. This was accompanied by an increase in metal loss on exposed surfaces, as compared to unexposed surfaces. This suggests that exposure of steel surfaces, including shipwrecks, to oil could negatively impact preservation through enhancement of MIC.

During the Deepwater Horizon spill, the deep-water plume of oil that originated from the Macondo wellhead persisted for nearly 16 weeks as it traveled southwest. The spill interacted with the seafloor through deposition of oil snow from the plume and oil-contaminated surface water, affecting numerous deep-sea communities (Girard et al., 2018). An acute footprint of oil spill-derived contamination was in an area ∼16 km southwest of the Macondo wellhead (Stout et al., 2017). This area contains two steel-hulled historic shipwrecks, the German submarine U-166, and the passenger and freight steamer Robert E. Lee (Damour et al., 2016; Hamdan et al., 2018). Hamdan et al. (2018) provides evidence that U-166 was exposed to the fallout of oil from the spill, and that the microbiomes of sediment surrounding U-166 still presented evidence of contamination 4 years after the spill. The proximity of these shipwrecks to the Macondo wellhead, the observed shift in sediment microbiomes toward oil-degrading bacteria, and location within the spill footprint raises questions about the potential for oil-enhanced MIC and impacts to the preservation of historic shipwrecks.

To date, the Bureau of Ocean Energy Management’s (BOEM) non-public historic shipwreck database lists more than 2,000 vessel losses in the northern Gulf of Mexico between the 16th and 20th centuries. The database compiles information from archival repositories, newspaper accounts, oil and gas-related geophysical surveys since the 1970s, and other sources. Potentially thousands more shipwrecks remain undiscovered, thus, the preservation of other sites may be at risk. Accordingly, the goal of this study was to understand the impacts to deep-sea biofilms caused by in situ exposure to residual spill contaminants through a comparative study involving historic shipwrecks within and external to the acute spill footprint.
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FIGURE 1. Study sites in the northern Gulf of Mexico, and location of the Macondo wellhead.



MATERIALS AND METHODS

Field Work and Site Selection

Work was conducted during two expeditions on board R/V Pelican: PE14-15 and PE15-02 in March and July 2014, respectively, as part of the Gulf of Mexico Shipwreck Corrosion, Hydrocarbon Exposure, Microbiology, and Archaeology (GOM-SCHEMA) project. Five historic shipwrecks were selected (Figure 1) (Damour et al., 2016; Hamdan et al., 2018). A sixth site, the Viosca Knoll Wreck (Hamdan et al., 2018) was planned, but weather delays during PE14-15 did not allow for placement of biofilm experiments. Shipwrecks were selected based on location relative to the Macondo wellhead, hull type, age, and if they had a pre-spill archaeological investigation (Hamdan et al., 2018). Consideration was also given to the presence of natural seeps in the study areas. At one site, U-166, the closest known natural seep is 0.55 nm away. At all other sites, the nearest natural seep is at least 1 nm away (information provided by BOEM). Three steel-hulled World War II-era (1942–1944) shipwrecks and two 19th century wooden-hulled and copper-sheathed shipwrecks were investigated. Shipwrecks were in three areas described by proximity to the Macondo wellhead: heavily impacted, defined as within 20 km from the wellhead (U-166 and Mica wreck), moderately impacted, defined as within 75 km (Anona), and reference sites, at 100–150 km (Halo and Ewing Bank wreck) (Figure 1). Stout et al. (2017) described the footprint of spill-derived hydrocarbons on the seafloor across the study area, and an acute fallout plume in the Mississippi Canyon lease area, where U-166 and the Mica wreck are located, shortly after the spill, and in 2014, when the experiments in this study were initiated. The residual impacts to the seabed at sites in this study are described in detail in Hamdan et al. (2018). There is geological and biogeochemical evidence of spill residues at the U-166 site, as revealed by a ∼5 cm layer of oil flocculant on the seafloor that has a radiocarbon signature inconsistent with riverine sediment. Sedimentation rates at that location were also ∼7x greater than expected for the area, after the spill. While the Mica wreck is ∼12 km from the wellhead, our prior work did not reveal biogeochemical or geological evidence of residual impacts at the time of this study. However, the microbiome in surface sediments at Mica and U-166 are highly similar (Hamdan et al., 2018). Hopane and PAH data from Stout et al. (2017) and sedimentation rate data (Hamdan et al., 2018) indicate spill impacts were also evident at Anona at the time of this study.
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FIGURE 2. (A) Deployment of BMPs at the bow of Anona using the Orion 7-function manipulator arm of the ROV Global Explorer. (B) Biofilm monitoring platform (BMP) used to hold carbon steel disks (CSDs) deployed at each shipwreck site.



This study focused on built features that arrive at the seafloor by accident; because of this and the constraint of pre-spill investigations, the number of sites that could be used was limited, which created variability in depth across sites. The impacts of variable depth on the interpretation of results is mitigated to some extent by pair-matching wooden-hulled (Ewing Bank and Mica) and steel-hulled (Anona and U-166) shipwrecks that vary in depth by less than 250 m. The exception is Halo, which unlike all other sites is located on the continental shelf.

Sediment sampling and biofilm experiments were facilitated with the remotely operated vehicle (ROV) Global Explorer (Deep Sea Systems International, an Oceaneering Company). Visual surveys of shipwrecks and the seafloor were performed to identify areas for sampling and biofilm monitoring platform (BMP) placement devoid of archaeological materials. To evaluate hull degradation, high resolution still images of specific areas of the shipwrecks were obtained by autonomous underwater vehicle (AUV) surveys. Images were aligned and compared to images from prior AUV surveys in 2003 and 2009 using AutoCAD to measure metal loss.

Sediment was collected with 6.35 cm. inner diameter (ID) push corers and the ROV’s Orion 7-function manipulator arm (Figure 2A). Cores were collected within 2 m of shipwrecks, in the same area BMPs were placed. Water was collected with a CTD-rosette ∼10 m above each shipwreck.

Biofilm monitoring platforms were 53 cm tall and constructed of 15-cm ID PVC pipe with 3-cm. holes on four sides (Figure 2B). The holes were used to hold Unified Numbering System (UNS) C1020 mild carbon steel disks (CSDs) in EpoThinTM 2 epoxy (Buehler) with a 2 cm2 area of exposed steel. Immediately before deployment by ROV, the exposed steel surface and surrounding epoxy of the CSDs were cleaned with molecular grade 100% ethanol to remove grease used to prevent corrosion prior to deployment, and any biofilm that may have developed during storage. The CSDs entered the water column devoid of any biofilm, and thus the source of biofilms was the surrounding marine environment (water or sediment). Two BMPs were then deployed at each site, each containing six replicate CSDs. Disks provided settlement surfaces for biofilms and permitted measurement of metal loss. BMPs were placed vertically on the seafloor by ROV and inserted 5 inches into the sediment. BMPs were deployed in March 2014 and recovered in July 2014, permitting 118 to 131 days for colonization and exposure.

Sample Storage and Handling

Sediment cores were extruded into clean polycarbonate tubes and the upper 4 cm was sampled at 2 cm resolution (Hamdan et al., 2018). New, sterile tongue depressors were used to place ∼10 ml of sediment into sterile, PCR clean conical tubes, which were immediately frozen at -20°C, and stored at -80°C.

Water was transferred from CTD Niskin bottles into clean polycarbonate bottles, and cells in 2.5 L of water were concentrated on Sterivex filters (Millipore) using a peristaltic pump (Hamdan et al., 2013). Filters were stored as described above for sediment. Filters were cracked, the filter aseptically removed, and extracted as described below for genetic analyses.

Carbon steels disks were immediately removed from BMPs upon recovery of the ROV. The CSDs were placed upright in sterile plastic containers. Samples for genetic analysis were stored as described for sediment. Samples for metal loss were air dried for 2 days under a sterile glass beaker at room temperature.

DNA Extraction and Quantitation

DNA was extracted from all samples using the FastDNATM protocol, modified as described elsewhere for sediment (Hamdan et al., 2018), water (Hamdan et al., 2013), and biofilms (Salerno et al., 2018). Purified template was quantitated on a Qubit 2.0 Fluorometric Quantitation system following the manufacturer’s protocol (Invitrogen). A NanoDrop spectrophotometer was used to assess the quantity and purity of extracted DNA (ThermoFisher).

16S rRNA Gene Amplification and Sequencing

Extracted genomic DNA was submitted to the Integrated Microbiome Resource (IMR) facility at Dalhousie University for 16S rRNA gene amplicon sequencing on an Illumina MiSeq according to Comeau et al. (2011) and Salerno et al. (2018). The V6-V8 variable regions of the 16S rRNA gene were selectively targeted for amplification using primer sets B969F/BA1406 and A956F/A1401R for bacteria and archaea, respectively.

TABLE 1. Descriptive statistics for sediment, water, and biofilms from BMPs collected proximate to shipwrecks.
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The pipeline generated with UPARSE (Edgar, 2013) and Quantitative Insights into Microbial Ecology (QIIME) (Caporaso et al., 2010) described in Salerno et al. (2018) was used to analyze bacterial and archaeal amplicon sequences. Paired-end sequences were merged, quality filtered, dereplicated and unique sequences served as operational taxonomic units (OTUs). Sequences were assigned to OTUs at ≥97% similarity, and chimeras were removed. An OTU abundance table was constructed, and UCLUST and the GreenGenes reference database (v 13.8) (DeSantis et al., 2006) were used to assign taxonomy. The Chao1 and Good’s coverage indices were calculated at the species level in QIIME (Caporaso et al., 2010). A core microbiome in ≥95% of biofilm samples was identified with the compute core microbiome script in QIIME. Archaeal sequence count in biofilm samples from 4 of 5 sites were very low (<22 total; Table 1) and thus, excluded from further analysis. The same was observed for archaea in biofilms on CSDs in Salerno et al. (2018).

TABLE 2. Descriptive statistics for metagenomes of biofilm samples.
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SourceTracker (v 0.9.5) (Knights et al., 2011) was used to model the source (surface sediments at 0–4 cm vs. overlying water) of OTUs to biofilms on CSDs using a Bayesian inference. The microbiome on CSDs was treated as a ‘sink’ and modeled as a mixture of OTUs originating from water, sediment and unknown sources. SourceTracker estimated the proportion of the CSD microbiome originating from those sources. Because the sediment at impacted sites, specifically Anona and U-166 was physically modified by spill contaminants, showing anomalously high surface porosities for sites exceeding 1000 m deep (Hamdan et al., 2018), we hypothesized that this could result in greater physical interaction between CSDs and sediment, and thus greater import of OTUs to CSDs from a sediment source. This hypothesis was informed by prior studies which demonstrate that physical constraints, i.e., porosity and density, dictate microbiome dispersal and composition (Hamdan et al., 2013).

PRIMER (v.6.13) was used to calculate Bray–Curtis dissimilarities from the OTU table after fourth root transformation. Non-metric multidimensional scaling (NMDS) plots were constructed to visualize community structure. Hierarchical clustering (CLUSTER) based on the group average linkage was used to illustrate similarity. A permutational analysis of variance (PERMANOVA) identified differences in sample groups (e.g., impact and hull type), using depth as a covariate. PERMANOVA was run using Type I (sequential) sum of squares, fixed effects sum to zero, permutation of residuals under a reduced model, and 9999 permutations.

Metagenome Amplification Sequencing and Bioinformatics

Prior to metagenome analysis, biofilm samples from each site were pooled if replicates fell within 2 standard deviations for diversity statistics (Shannon, Chao1, total sequences). Pooling protocols are described in Comeau et al. (2011). At IMR, DNA libraries were prepared with the Nextera XT Library Preparation Kit (Illumina) modified to use the Just-a-PlateTM 96 PCR Purification and Normalization Kit (Charm Biotech). Sequencing was performed on an Illumina NextSeq 550, generating 150 bp, paired-end sequences.

Analysis of metagenomes followed the Microbiome Helper (Comeau et al., 2017) procedure. Raw sequences were quality filtered (Andrews, 2010), assembled into paired-end reads (Zhang et al., 2013), trimmed (Bolger et al., 2014), and screened for contaminants (Langmead and Salzberg, 2012). MetaPhlAn2 was used to assign taxonomy (Truong et al., 2015). Phylogenetic trees were created to the genus level in GraPhlAn to visualize and compare communities (Asnicar et al., 2015). HUMAnN2 was used to profile genes and gene families using the UniRef90 database, and associated pathways and abundance using the MetaCyc Metabolic Pathway database (Abubucker et al., 2012). Prior to analysis in MEGAN, reads were aligned to a DIAMOND database created from the UniRef90 protein blast database (Buchfink et al., 2014). Metagenome aligned reads were imported to MEGAN v 6.11.1 as normalized counts and interactively compared using the NCBI database for taxonomy and the SEED database for gene counts, pathways, and abundances of gene families in samples (Huson et al., 2016).

The normalization approach used the relative log expression (RLE) and the trimmed mean of M-values (TMMs), implemented in DESeq2 and EdgeR, respectively (Table 2). This approach was selected because of its high performance in a review of methods for gene abundance (Pereira et al., 2018). Both methods calculate a dataset-specific scaling factor versus randomly removing gene fragments. DESeq2 and EdgeR assume that no genes will be differentially abundant. Prior to statistical analysis, the biological coefficient of variation (BCV) was estimated in EdgeR to accurately fit a negative binomial model to the dataset (BCV = 0.6). Differentially abundant genes (DAGs) were screened using the TMMs method in the EdgeR package in R (Robinson and Oshlack, 2010) and the RLE method in the DESeq2 package in R (Love et al., 2014). Both methods used absolute gene counts imported from MEGAN to normalize data. The DESeq2 workflow was executed twice and yielded the same results. To test for DAGs in DESeq2 and EdgeR, the analysis must be set by group, treatment, or condition, and include replicates (Chen et al., 2014). As replicates were pooled for metagenome sequencing, the differential abundance test in DESeq2 was performed by impact (reference, moderately impacted, heavily impacted), and by reference against impacted sites in EdgeR. DESeq2 calculated DAGs based on log fold change values and statistical significance (P < 0.05) between reference sites and the moderately impacted site, and between reference sites and heavily impacted sites. EdgeR served as a check on DESeq2. A table of the top 20 DAGs across all sites was generated based on conversion of copies per million (CPM) to log counts to correct for library size differences. EdgeR returned a table of top 10 DAGs between reference and impacted sites using a negative binomial model based on common and tagwise dispersion estimates. All sequences (16S rRNA and metagenomes) were submitted to the NCBI SRA under BioProject PRJNA481022.

Metal Loss

Prior to mounting in epoxy, CSDs were weighed to calculate weight loss. Following field experiments and drying, disks were removed from epoxy mounts, and acid-cleaned to remove corrosion products according to ASTM Standard G1-03 (2003). Four acid-cleaned disks from each site were weighed and compared to pre-exposure weights to estimate weight loss.

RESULTS

Microbiome Composition in Sediment and Water

A total of 875,835 sequences (average length 437 bp) in sediment and water were retained after quality filtering. Archaeal sequences in sediment were more abundant than bacteria; however, bacterial diversity and OTU richness exceeded archaeal metrics at all sites. In general, sediment diversity was higher at reference sites relative to impacted sites, and Shannon diversity in sediment samples exceeded that in biofilm and water samples (Table 1). The Good’s coverage index averaged 0.99 for bacteria and archaea in sediment and water samples indicating excellent coverage of the community, including singletons.

The Proteobacteria were highly abundant in surface sediments at all sites, and Delta-, Gamma-, and Alpha-proteobacteria accounted for over 50% of sequences (Supplementary Figure S1). The class Deltaproteobacteria was most abundant at reference sites (18–22%), and the Alphaproteobacteria averaged 11% (7–14%) of sequences at moderately and heavily impacted sites. Gammaproteobacteria dominated moderately and heavily impacted sites (23–29%) and were most abundant in surface sediments from U-166.

One Gammaproteobacteria OTU, related to the Piscirickettsiaceae, accounted for an average 11% of sediment sequences. The second and third most abundant OTUs were Flammeovirgaceae-related sequences, and a Deltaproteobacteria affiliated with the NB1-I family.

Water samples at Halo had the highest average bacterial diversity, with an average of 961 bacterial OTUs, possibly attributed to the shallow depth at this site (Table 1). Archaeal sequence abundance in water samples generally exceeded bacterial sequence abundance with the exception of Anona and U-166.

The Proteobacteria accounted for the majority of bacteria in water samples at all sites (Supplementary Figure S2). Alpha- and Gamma-proteobacteria were most abundant, followed by Deltaproteobacteria. The SAR 406 cluster accounted for over 7% of sequences at all sites. At all locations, the most abundant OTU was affiliated with the Pelagibacteraceae family (21–41%). Gammaproteobacterial OTUs related to the Alteromonas genus and the Oceanospirillales order accounted for an average of 6% of sequences at all sites.
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FIGURE 3. Class level (A) and OTU level (B) bacterial community composition (16S rRNA) in replicate biofilm samples.



Microbiome Composition in Biofilms

Bacterial species richness and Shannon diversity in biofilms were highest at Anona and lowest at Halo (Tables 1, 2). In contrast to results for sediment and water samples, diversity in biofilms on CSDs was generally higher at impacted sites compared to reference sites. All biofilm communities were dominated by Proteobacteria (85–97%) (Figure 3A). The Epsilon- and Zeta-proteobacteria were most abundant among the Proteobacteria, although Gamma- and Alpha-proteobacteria were also abundant. Generally, two bacterial OTUs from the Sulfurimonas genus (Gammaproteobacteria) and Mariprofundus genus (Zetaproteobacteria) accounted for the majority of sequences in the total biofilm dataset (Figure 2B). The Sulfurimonas OTU was highly abundant at Halo and the Mica wreck. Cultured members of this group grow chemolithoautotrophically using zero valent sulfur, molecular hydrogen, or reduced sulfur compounds as electron donors and nitrate, nitrite, and oxygen as electron acceptors (Inagaki et al., 2004). The Mariprofundus OTU was highly abundant at Anona, Ewing Bank, and U-166. Mariprofundus is the only genus in the class Zetaproteobacteria, and cultured isolates can grow by oxidizing ferrous to ferric iron.

Similar to the 16S rRNA-based sequence data, metagenome analysis revealed that biofilms were dominated by Proteobacteria. Gamma-, Epsilon-, and Alpha-proteobacteria were present at all sites. As described for the 16S rRNA results, Zetaproteobacteria were highly abundant at Anona, Ewing Bank, and U-166 (Figure 4). Taxonomic diversity trees corroborate Anona as being the most diverse site and Halo as the least diverse. Unlike other locations, Betaproteobacteria were present in Mica samples. Sulfurimonas dominated metagenomes at all sites (Figure 3). The order Rhodobacterales, which includes the Roseobacter, a microorganism known for biofilm formation and potential oil degradation, was abundant at Anona, Ewing Bank, Halo, and U-166. The Alteromonadales, including the family Pseudoalteromonadaceae, which is associated with oil degradation, accounted for 3–10% of metagenomes at all sites except Halo. The 16S rRNA results (Figure 3) also indicated an elevated abundance of Altermonadales at all sites except Halo; however, the two most abundant OTUs were affiliated with the Colwelliaceae.
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FIGURE 4. Biofilm taxonomy from metagenome sequences of pooled replicate samples. Shaded bubbles represent percentage of abundance and colors represent taxonomic groups. Plots generated in GraPhlAn.
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FIGURE 5. Non-metric multidimensional scaling analysis of bacterial communities at all sites and in all sample types (A). A subset of biofilm samples from BMPs (B). Hierarchical clustering used to obtain similarity dendrograms, based on group average linkage are projected on the plot as contours.
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FIGURE 6. MEGAN heatmaps of functional gene families classified using the SEED database. (A) Heatmap by count of gene reads in each family. Light colors represent smaller counts while dark colors represent larger counts. (B) SEED profile of gene families normalized by Z-score.



Features Driving Biofilm Composition

Bacterial communities in biofilm, sediment, and water formed distinct clusters that were significantly different based on sample type (Figure 5A and Supplementary Table S1). At 60% similarity, biofilm samples formed two clusters (Figure 5B) with Halo distinct from other sites. PERMANOVA revealed that sites contain distinct communities based on depth as a covariate, and impact and hull type as factors (Supplementary Table S1). Communities at heavily impacted sites differed significantly from reference sites (P= 0.0001, Supplementary Table S1). The shipwreck’s hull material (wood or steel) proximate to BMPs also drove dissimilarity among sites (P= 0.0001, Supplementary Table S1).

SourceTracker revealed that surface sediment was the primary known source of OTUs to biofilms (Supplementary Figure S3). The highest predicted contribution of sediment OTUs to biofilms was at Anona (average 22.3%) and U-166 (average 18.2%), while the lowest predicted contributions were at Halo (average 1.6%). The majority of biofilm OTUs sourced from sediment were affiliated with the oil-degrading Colwelliaceae family, followed by the Rhodobacteraceae family, which includes biofilm formers, and the iron-oxidizing genus Mariprofundus (Supplementary Table S2).

The biofilm core microbiome contained 11 OTUs (Supplementary Table S3), seven of which were likely sourced from sediment. Most core microbiome OTUs were related to the Rhodobacteraceae and Mariprofundaceae families. The functional roles of cultured representatives of core microbiome OTUs include biofilm formation, iron oxidation, and sulfate reduction.

Gene Families in Biofilm Samples

The highest gene counts, as revealed by MEGAN, were classified to housekeeping families including amino acids and derivatives, carbohydrates, cofactors, vitamins, prosthetic groups, pigments, and protein metabolism (Supplementary Figure S4). Heatmaps were used to compare gene family abundance between sites. Mica had higher counts of genes clustering to iron acquisition and metabolism and motility and chemotaxis relative to other sites (Figure 6A). Sulfur metabolism counts were elevated at Halo and Mica, and nitrogen metabolism and respiration were highest at Halo. Ewing Bank and Halo showed the highest count of membrane transport genes. Anona and U-166 had the highest count of genes involved in metabolism of aromatic compounds. The heatmap, when scaled by Z-score (number of standard deviations from mean) for each gene family revealed U-166 to have the most Z-scores closest to zero (Figure 6B).

Differentially Abundant Genes Across Sites

The differential abundance analysis of reference sites vs. a moderately impacted site revealed significant differences in the abundance of protein hydE, quinone-reactive Ni/Fe-hydrogenase small chain precursor, periplasmic nitrate reductase component NapL, two-component response regulator CreC, and quinone-reactive Ni/Fe-hydrogenase large chain genes (Table 3). Only one gene, the two-component response regulator CreC, was significantly different in the comparison of reference sites to heavily impacted sites.

Metagenome absolute sequence counts were analyzed in EdgeR to test the robustness of differential abundance results from DESeq2 in site to site comparisons. Prior to normalizing for total library size, absolute counts were converted to counts per million (CPM) to normalize for sequencing depth across sites. A table of the top 20 most variable genes across samples was generated by calculating the variance for each gene in the dataset, and then creating a new matrix to display the 20 most variable genes in all samples (Table 4). Variable genes included metal-dependent hydrolase involved in phosphonate metabolism, motility accessory factor, and flagellar transcriptional activator FlhC. Following normalization by the TMMs method, differential abundance analysis was performed in EdgeR by groups of sites (reference versus impacted) to discover DAGs, reported in terms of log fold change (log FC), CPM, P-value, and false discovery rate (FDR) (Supplementary Table S4). A negative log fold change value indicates that the gene had higher counts at the reference sites, while a positive value reflects a higher gene count at impacted sites. The only statistically significant (P< 0.05) DAG with a low FDR value (FDR < 0.05) was the two-component response regulator CreC.

TABLE 3. Statistically significant (P< 0.05) differentially abundant genes (DAGs) analyzed in DESeq2.
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TABLE 4. Top 20 variable genes between metagenome samples after differential abundance analysis in EdgeR.
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Metal Loss

Metal loss was estimated by weight difference at all sites (Supplementary Figure S5). Average metal loss was lowest at Halo (0.04 ± 0.01 g), and highest at U-166 (0.12 ± 0.01 g), and Mica (0.10 ± 0.01 g).

During a study initiated prior to the Deepwater Horizon spill, images of the deck of U-166 were collected for archaeological studies. During the SCHEMA study, additional images were obtained to document impacts from the spill. These data were used to calculate metal loss. Data are not available for other sites in this study because this analysis required images from at least two observation events prior to the spill, thus these results focus only on U-166. Areas of metal loss on the deck of the U-166 were quantified by comparing images from 2003, 2009, and 2013. An area of metal loss that created a breach in the port side hull of the U-166 stern section (Figure 7A, area 1) measured 57.9 cm × 25.7 cm in 2003. By 2009 the area had widened along the port side gap by 4.5 cm. Between 2009 and 2013 the gap widened an additional 9.8 cm, twice the amount previously observed, in only 4 years. Another breach in the deck (Figure 7A, area 2) on the starboard side measured 47.3 cm at its widest in 2003. In 2009, in the same breach, a 5.2 cm wide portion of the starboard edge had deteriorated away; in 2013 a 24.5 cm × 5.5 cm section along the edge completely disappeared. The metal loss in the four-year span encompassing the post spill period is five times that observed in the six years prior to the spill. The full extent of deterioration is unknown, as the section was covered in a layer of sediment not observed prior to 2013. Aft of area 2, an additional previously undetected area of deterioration (area 4) was found in 2013. Areas of additional deck deterioration were also imaged aft of the 37-mm gun (Figure 7B) that was first discovered and documented in 2003. The deterioration had expanded by 2009 and new holes were observed that were not present in 2003. In 2013, these areas had continued to widen, and additional holes not present in 2009 were found. A 5 cm hole first observed in 2003 had no discernible change in size in 2009. By 2013, metal deterioration had expanded the hole to more than twice its size as documented in 2003 and 2009.

DISCUSSION

Spill Impacts on Biofilm Taxonomy

Formation of biofilms in the marine environment assist in the survival, adaptation, and propagation of bacteria (Awan et al., 2018). In some cases, formation is enhanced after introduction of sub-lethal stress or nutritional-stress factors in the environment. Oil spills alter microbial communities in the marine environment (Joye et al., 2016; Hamdan et al., 2018). Hamdan et al. (2018) demonstrated that residual spill contaminants remained at U-166 at the time BMPs were deployed and recovered, and that impacts to sediment microbiomes were evident at moderately and heavily impacted sites. The presence of residual oil may promote bacterial growth and enhance biofilm formation, indicating a community response under adverse environmental conditions (Dombrowski et al., 2016; Awan et al., 2018).
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FIGURE 7. Metal deterioration on the deck of the U-166. (A) Deterioration in U-166’s aft deck from 2003, 2009, and 2013. (Upper) 2009 and 2013 image showing section of the deck, and (Lower) 2003 photo with 2009 (Blue) and 2013 (Red) shown as hatched overlay. (B) Deterioration on the deck of U-166’s conning tower. (Upper) 2003 and 2009 images, and (Lower) prior images shown as hatched overlay of 2013 image.



Previous studies have shown Alteromonadales to be early and dominant colonizers of marine biofilms (Arora and Boon, 2012; Dombrowski et al., 2016; Rampadarath et al., 2017), with some Alteromonas spp. protecting biofilms against contaminants. Metagenome taxonomy data showed that Alteromonadales accounted for 3–10% of the bacterial community at all sites except Halo. While the relative abundance of Alteromonadales OTUs was elevated at the Ewing Bank wreck, a reference site, the diversity of this order was reduced at both reference sites relative to impacted sites, suggesting that spill residues may have impacted the diversity of this group. The 16S rRNA data identified similar trends for Alteromonadales with minimal sequence abundance at Halo. The most abundant Alteromonadales OTU in this study was affiliated with the Colwelliaceae family, which dominated the water column plume during the Deepwater Horizon spill (Valentine et al., 2014). Colwellia has been shown to respond to the presence of oil in field and lab experiments, and may metabolize a variety of hydrocarbon compounds (Mason et al., 2014; Brakstad et al., 2015a; Hu et al., 2017). Unlike other locations, two Colwelliaceae OTUs were abundant at Anona and U-166 (Figure 2). The presence of Colwellia in biofilms may imply that biodegradation of recalcitrant oil compounds was occurring at these impacted sites. PERMANOVA analysis revealed that 16S rRNA-based bacterial community composition in reference vs. heavily impacted sites differed significantly (P= 0.0001). The Phyllobacteriaceae family, which were enriched at Anona and U-166 (Figure 3), two of the deepest sites, contributed to the observed differences. An OTU affiliated with the Phyllobacteriaceae accounted for 1–10% of 16S rRNA sequences in biofilms at these locations. The novel Phyllobacteriaceae family, of the Rhizobiales, has been associated with hydrocarbon degradation in the deep sea and in oil-contaminated backwaters (Vila et al., 2010; Lai et al., 2011; Rahul et al., 2015). Its elevated presence at locations with confirmed spill impacts (Hamdan et al., 2018) supports a hypothesis of oil metabolism in biofilms at U-166 and Anona. We note that natural seepage of oil is common in the Gulf of Mexico, and that there are numerous natural oil and gas seeps in the Mississippi Canyon lease area (Orcutt et al., 2010). The presence of natural oil is likely to increase the abundance of oil-degrading bacteria in environmental samples. However, there are no natural seeps in direct contact with sites in this study.

In studies of microbial community succession during oil biodegradation, Gamma- and Alpha-proteobacteria are often dominant (Jiménez et al., 2011; Brakstad et al., 2015b; Rampadarath et al., 2017). Gammaproteobacteria dominate during initial exposure to hydrocarbons, while Alphaproteobacteria become more prevalent as hydrocarbons biodegrade (Marietou et al., 2018). Co-dominance of both Gamma- and Alphaproteobacteria at Anona and U-166 suggests that the communities at these sites may have colonized biofilms to utilize residual oil from the spill or are readily sourced from the local environment.

The Zetaproteobacteria class of iron-oxidizing marine bacteria are widely distributed in the deep ocean (McBeth et al., 2011; Singer et al., 2011; McBeth and Emerson, 2016). The first genome of a Zetaproteobacterium, Mariprofundus ferrooxydans PV-1, sequenced in 2011, revealed this microorganism’s ability to rapidly detect and respond to environmental stimuli (Singer et al., 2011). Comparative metagenomics with other marine iron-oxidizing bacteria indicate that Zetaproteobacteria harbor genes involved in signal transduction, response regulation, and heavy metal resistance. In the current study, Zetaproteobacteria were abundant at all sites, including U-166, suggesting their tolerance to oil residues.

SourceTracker analysis has been used in environmental studies to evaluate possible sources of dispersal for local communities (Hamdan et al., 2013; Storesund et al., 2017; Comte et al., 2018). This tool was applied to evaluate if physical modification of sediment at spill impacted sites resulted in greater dispersal of sediment OTUs to CSDs, impacting colonization of CSDs and microbiome composition of biofilms. At all locations, the predominant known source of OTUs was sediment, indicating that ordinarily, sediment biodiversity will dictate the microbiome forming on structures resting on the seafloor. This study revealed that the two sites with the greatest source contribution from sediment were Anona and U-166. In a previous study (Hamdan et al., 2018), Pb-210 analysis was used to predict the rate of sedimentation, and to inform if sites in this study experienced fallout from the Deepwater Horizon spill. The rate of sedimentation at Anona and U-166 was 3 to 7 times higher than expected for the northern Gulf of Mexico (Yeager et al., 2004) and deviated from other locations. The sedimentation rate observations for Anona and U-166 were consistent with the findings of Brooks et al. (2015) concerning a sedimentation pulse following the Deepwater Horizon spill. Surface porosity at Anona and U-166 was higher than other sites and attributed to fallout of highly porous oil snow, likely from the spill. The presence of fresh, non-compacted material likely increased the potential of sediment-associated OTUs to encounter CSDs and may explain the greater source contribution of OTUs from sediment at impacted sites. These results indicate that the effects of an oil spill on metal structures resting on the seafloor may persist even after labile hydrocarbons are below detection limits. Greater dispersal of sediment OTUs to metal surfaces, including CSDs, shipwrecks, and other marine infrastructure may change the structure of biofilm communities, their potential function, and the physical interaction between community and surface, all of which could impact preservation.

Spill Impacts on Functional Potential

Many bacteria use the widespread two-component system (TCS) to detect and respond to changes in the environment (Arora and Boon, 2012; Awan et al., 2018). The TCS is deployed as a defense and stress response mechanism, where the cell detects stimuli and responds through selected processes (e.g., quorum sensing, light detection, and chemotaxis). Some environmental changes, including oil spills, may result in a temporary or permanent change in local conditions, triggering bacterial stress responses (Awan et al., 2018). The two-component response regulator CreC is part of the TCS. Differential abundance analysis of gene counts in both DESeq2 and EdgeR returned CreC as significantly elevated at reference sites as compared to the moderately impacted site (P= 0.043) and heavily impacted sites (P= 0.003), possibly due to the absence of oil (stressor) at the reference sites.

Bacterial chemotaxis and motility genes play significant roles in biofilm formation, maturation, and dispersal (Awan et al., 2018). Flagellar formation and regulation genes help bacteria swim toward nutrient sources and detect and adhere to surfaces (Li and Wang, 2011). They may also assist in avoiding stressful conditions, through detachment and relocation to a more favorable environment (Singer et al., 2011). The table of the top 20 variable genes (Table 4) between all sites identified the flagellar transcriptional activator FlhC gene as more variable and generally more prevalent at impacted sites compared to reference sites. These differences in variation and prevalence of the FlhC gene may be indicative of a response by biofilm community members to escape unfavorable environmental conditions.

Since the 2010 Deepwater Horizon oil spill, several studies have documented the ability of specific groups of bacteria to thrive in oil-contaminated environments by using oil compounds as a carbon and energy source (Bælum et al., 2012; Gao et al., 2015; Dombrowski et al., 2016). In this study, MEGAN analysis of functional gene families revealed higher counts of aromatic degradation genes at Anona and U-166 compared to the reference sites (Supplementary Figure S4). The differential abundance analysis also revealed that NADH-dependent butanol dehydrogenase, an alcohol dehydrogenase, had greater abundance at Anona and U-166 than other sites. Mason et al. (2014) demonstrated that alcohol dehydrogenase, including butanol dehydrogenase genes, were frequently observed in a Colwellia phylotype enriched during the spill. Alcohol dehydrogenases are enzymes that are crucial for the degradation of hydrocarbon compounds, and their elevation at Anona and U-166 may imply that biodegradation of residual oil compounds was still occurring at these contaminated sites (Sierra-García et al., 2014).

Spill Impacts on Shipwreck Preservation

One goal of this study was to understand how exposure to oil on the seafloor impacts the preservation of historic shipwrecks, and potentially enhances MIC. While Zetaproteobacteria abundance was elevated in biofilms relative to sediment and water, no functional iron-bacteria interactions were observed. In a previous work using CSDs in a microcosm study, Salerno et al. (2018) observed greater metal loss after exposure to oil, likely attributed to MIC resulting from sulfur metabolism and the production of corrosive metabolites. While this study does not provide evidence of enhanced sulfur metabolism at impacted sites, greater metal loss on CSDs at U-166 was observed relative to other locations.

Hamdan et al. (2018) provides definitive evidence of oil residues from the spill in sediment collected around U-166. Even though other environmental factors, such as depth, temperature, and nutrient availability may be involved in determining total metal loss, the presence of oil flocculant on the seafloor, and the increased physical interaction between seafloor and surface as revealed by SourceTracker, should be considered. At the time of BMP collection at U-166, high-resolution images of the shipwreck were obtained to compare with images collected in 2003 and 2009, prior to the spill. These images are relevant to the current study which documents impacts to biofilm composition, colonization and metal loss at U-166. Over a decade of progressive deterioration has been observed on the aft deck and conning tower of U-166 (Figure 7). Ordinarily, the corrosion rate of carbon steels and other low-alloy steels in seawater follow non-linear dependence upon exposure time with the highest corrosion rates at the earliest exposure times (Heiser and Soo, 1995; Melchers, 2003). This is contrary to observations at U-166 in 2013. On the aft deck, areas of corrosion on the steel hull first observed in 2003 expanded to a greater degree during a shorter interval (2009–2013) after the spill than compared to before (2003–2009) (Figure 6A). The deck of the conning tower shows continuous deterioration over 10 years, with new holes in 2013 (Figure 6B) and a doubling in size of existing holes between 2009 and 2013. In both areas, sediment not observed prior to 2013 covered sections where new holes were emerging, providing another line of evidence of a sedimentation pulse at this location after the spill. Although these data are only available for U-166, a wreck that has been on the seafloor for 76 years, the corrosion rate at this site, revealed through still images, appears orders of magnitude higher than rates reported in the literature, and has accelerated across the time series presented here (Heiser and Soo, 1995; Melchers, 2003). This is unexpected and suggests a connection between spill fallout and metal loss of historic shipwrecks on the seafloor.

CONCLUSION

This study reveals increased connectivity between sediment and carbon steel biofilm microbiomes in spill-impacted areas. This connectivity may lead to changing functional interactions between biofilms and steel surfaces in the marine environment, possibly leading to oil-induced MIC. Future studies are needed to continue to investigate the interaction between oil spills and the functional capability of bacteria in sediment, water, and biofilms, in general. Exposure of shipwreck surfaces to residual spill contaminants has the potential to alter biofilm taxonomy and functional potential, which may place the biodiversity and the preservation of historic structures in the deep sea at risk.
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Site Vessel Depth  Site type* Sample N Shannon Shannon Chao1 Chao1 Goods Goods Bacterial  Archaeal Bacterial = Archaeal

type and (m) type diversity diversity bacteria archaea bacteria archaea OTUs OTUs sequences sequences
date lost bacteria archaea
Anona Steam 1250 Moderately  Biofilm 5 5 1.7 1515 2.7 1.00 0.47 3283 (57) 4(2) 22072 4 (3)
yacht (5365)
June-44
Impacted Sediment 2 9.2 3.2 430.2 35 0.99 1.00 1957 (256) 275 (57) 7620 68738
(1755) (9968)
Water 2 6.6 3.5 137.6 11.3 1.00 0.98 429 (40) 42 (40) 8545 (28) 1611
(2157)
Ewing Bank Sailing 19t 600 Reference  Biofim 6 8.3 34 138.3 14.8 1.00 0.76 283 (39) 13(11) 21309 38 (44)
century 7461)
Sediment 4 9.7 41 434.6 41.4 0.99 1.00 2050 (671) 365 (211) 6670 34392
1545) (21011)
Water 2 6.6 82 165.6 14.0 1.00 1.00 494 (28) 90 (9) 9290 19746
2206) (14899)
Halo Tanker 140 Reference  Biofilm 6 3.2 2.9 151.8 5.6 1.00 0.80 241 (88) 10 (4) 11363 22 (23)
May-42 7461)
Sediment 4 10.2 b4 498.0 47.6 0.99 1.00 2817 (614) 822 (213) 9738 46864
2931) (1649,
Water 2 7.4 4.6 2411 123 1.00 1.00 961 (200) 144 (139) 13047 41306
1656) (2481
Mica Sailing 19t 800 Heavily Biofilm 6 41 2.7 119.8 1.7 1.00 0.93 249 (35) 53 (66) 20935 1931
century (5485) (3255
Impacted Sediment 4 82 3.9 405.7 37.4 0.99 1.00 1695 (318) 277 (20) 6345 47720
(2290) (7839,
Water 2 7.9 2.8 187.1 14.5 0.99 1.00 627 (354) 93 (8) 12109 30987
(13493) (8123
U-166 Sub 1450 Heavily Biofilm 6 4.6 25 108.2 4.5 1.00 0.82 224 (53) 7 (3) 17325 10 (5)
July-42 (5485)
Impacted Sediment 4 9 3.6 416.7 35.3 0.99 1.00 1813 (179) 189 (21) 7418 56133
(1005) (2975)
Water 2 6.5 4.5 118.5 25.3 1.00 0.97 309 (171) 45 (33) 4842 229 (213)
(4518)

Averages are presented for different sample types at each site. Standard deviation is presented in parentheses.
*See Hamdan et al. (°018) for information on Deepwater Horizon impacts to sites, descriptions and information on prior surveys.
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Gene Anona Ewing Bank Halo Mica U-166

itrogenase FeMo-cofactor scaffold and assembly protein NifE -2.12 —0.40 7.09 8.02 3.63
Protein hydE —-2.12 3.43 9.1 5.65 6.54
itrogenase FeMo-cofactor scaffold and assembly protein NifN —2.12 0.36 7.16 7.47 2.65
MII9366 protein 4.01 —-2.12 7.96 7.92 4.27
itrogenase (molybdenum-iron) reductase and maturation protein NifH 0.37 —-2.12 7.08 6.84 3.52
Rubredoxin-oxygen oxidoreductase 1.23 —0.40 8.35 7.84 5.63
ADH-dependent butanol dehydrogenase B (EC 1.1.1.-) 5.68 -2.12 1.20 —2.12 5.71
Hypothetical oxidoreductase YghD (EC 1.1.-.-) 6.92 5.93 -2.12 6.1 7.06
itrogenase (molybdenum-iron) alpha chain (EC 1.18.6.1) 2.47 —0.40 8.40 8.2 4.61
etal-dependent hydrolase involved in phosphonate metabolism 3.91 2.16 7.74 —-2.12 5.47
otility accessory factor —-2.12 0.36 6.20 —-2.12 3.29
Predicted functional analog of homoserine kinase (EC 2.7.1.-) -2.12 0.36 6.65 1.2 -2.12
Phosphonates transport ATP-binding protein PhnlL 3.81 0.36 6.79 —2.12 4.85
Flagellar transcriptional activator FIhC 4.35 —-2.12 -2.12 5.39 0.13
Quinoprotein alcohol dehydrogenase —-2.12 6.10 6.12 2.69 5.53
Collagen-like surface protein 6.18 1.28 —-2.12 2.69 -2.12
itrogenase FeMo-cofactor carrier protein NifX —-2.12 —0.40 5.05 5.59 0.13
tRNA nucleotidyltransferase, A-adding (EC 2.7.7.25) 2.93 -2.12 7.07 1.2 0.13
Sirohydrochlorin cobaltochelatase CbiK (EC 4.99.1.3) 1.77 -2.12 4.81 7.04 2.44
Heterodisulfide reductase, subunit A/methylviologen reducing hydrogenase, subunit delta 0.37 —0.40 6.84 2.13 —-2.12

Variance of each gene in samples is calculated based on its relative abundance in all other sample. A positive value reflects greater abundance relative to other samples
and a negative value reflects lesser abundance relative to other samples.
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Site name Depth (m) Site type* Library size Normalization Assigned reads Shannon diversity

(EdgeR) factor (EdgeR) (MEGAN)
Anona 1250 Moderately impacted 939519 1.08 289012 3.26
Ewing Bank 600 Reference 1887290 0.89 521803 2.89
Halo 140 Reference 963531 1.02 283768 2.38
Mica 800 Heavily impacted 479433 1.01 113286 2.57
U-166 1450 Heavily impacted 1150673 1.01 3156283 2.92

*See Hamdan et al. (2018) for information on Deepwater Horizon impacts to sites, descriptions and information on prior surveys.
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