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The pelagic ocean receives terrigenous inputs of a range of organic compounds; however, the role that this terrigenous material plays in the ocean carbon cycle and biological pump is not entirely understood, and questions remain as to how oceanic cycles of terrigenous and autochthonous carbon interact. A significant portion of organic carbon that cannot be utilized by marine microbes in the epipelagic ocean escapes microbial remineralization to be sequestered in the deep ocean as refractory dissolved organic matter (DOM). Lignin, a “model” terrigenous compound, is thought to be refractory in the open ocean unless chemically altered. However, in this study, incubation experiments performed using lignin-amended oligotrophic seawater from the Sargasso Sea exhibited bacteria and archaea growth that doubled compared to unamended control treatments. The increase in bacteria and archaea cell abundance in lignin-amended treatments coincided with a 21–25% decrease in absorbance (250–400 nm) of chromophoric dissolved organic matter (CDOM), suggesting that certain microbes may be capable of altering fractions of this ostensibly recalcitrant organic matter. Furthermore, the microbial response to the lignin-amended treatments appears to be taxon-specific. Two phyla of Archaea, Euryarchaeota and Thaumarchaeota, exhibited an increase in abundance of 7-fold and 28-fold (from 2.42 × 106 cells L–1 to 1.72 × 107 cells L–1, and from 1.60 × 106 cells L–1 to 4.54 × 107 cells L–1, respectively), over 4 days of incubation in lignin-amended treatments. Additionally, an increase of 11-fold and 13-fold (from 2.93 × 106 cells L–1 to 3.30 × 107 cells L–1, and from 3.26 × 106 cells L–1 to 4.28 × 107 cells L–1, respectively), was observed in the abundance of these phyla in treatments containing lignin with added nitrogen and phosphorus, thus raising questions regarding primary and/or secondary responses to lignin degradation. Our findings indicate that marine bacteria and archaea play a role in the transformation of the optical properties of lignin in the open ocean and that they may serve as a potential sink for a portion of the lignin macromolecule.
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INTRODUCTION

Dissolved organic matter (DOM) is an important component of many ocean biogeochemical cycles (Hedges et al., 1997; Fasham et al., 2001; Mopper et al., 2015) and can serve as a substrate for heterotrophic archaea and bacteria (Cottrell and Kirchman, 2000; Carlson et al., 2002). The majority of DOM in the open ocean is of marine origin (Koch et al., 2005; Carlson and Hansell, 2015); however, terrigenous inputs of compounds such as lignin may be important to the oceanic carbon cycle. Lignin, a cross-linked macromolecule, unique to woody vascular plants, has been used as a model compound and tracer of terrigenous carbon (Del Vecchio and Blough, 2004; Hernes and Benner, 2006). On the basis of measurements of lignin phenol concentrations, it has been shown that less than 2% of oceanic DOC is terrigenous (Hernes and Benner, 2006); yet, if estimates of annual riverine export to the ocean and atmospheric deposition of dissolved or water soluble organic carbon to the surface ocean are considered (∼0.4 and ∼0.65 Pg organic C, respectively), the concentrations of lignin phenols should be higher (Williams and Druffel, 1987; Hedges et al., 1997; Koch et al., 2005; Lavorivska et al., 2016). This raises a number of questions about the transport and fate of terrigenous DOM in the open ocean.

Furthermore, a portion of DOM has been shown to be light-absorbing, or chromophoric (CDOM), and is found ubiquitously throughout the global ocean. CDOM accounts for up to 50% of blue light absorption in the open ocean, thereby effectively regulating photosynthesis and influencing remote sensing algorithms used to predict primary production. Despite its impact on biogeochemical cycles, the composition and sources of CDOM in the open ocean remain largely unresolved. Dark microbial incubation studies have demonstrated that production of CDOM is positively correlated with an increase in bacterial cell abundance, providing evidence that CDOM is a byproduct of heterotrophic bacterial production (Nelson et al., 2004; Kinsey et al., 2017). The same studies also demonstrated that some fraction of CDOM is subsequently removed, presumably due to microbial remineralization. It is thought that the chemical composition and degradation rate of marine CDOM varies depending on the quality of the organic nutrient substrate available to bacterioplankton (Nelson et al., 2004). Lignin is also chromophoric, but its role in the pelagic CDOM pool is poorly understood. A number of studies have investigated the relationship between lignin and microbes in soil or riverine water, and suggest that some fraction of lignin is biologically available and that distinct microbial lineages under specific nutrient conditions are capable of degrading lignin (Hernes and Benner, 2003; Peng et al., 2008; Bugg et al., 2011; Huang et al., 2013). Additionally, recent genomics studies have shown a wide range of organisms with novel enzymes that have the potential to degrade lignin (Cragg et al., 2015; Janusz et al., 2017). However, the ability of microbial communities to utilize lignin in nutrient-depleted oceanic regions and the relationship to CDOM variability has not been fully investigated.

Here, we evaluate the response of the bacteria and archaea communities to lignin amended oligotrophic seawater from the Sargasso Sea to determine if specific lineages respond to lignin amended treatments and to assess whether terrigenous organic matter can serve as an intermediary in the production of autochthonous CDOM.



MATERIALS AND METHODS


Sample Collection

Samples were collected at the Bermuda Atlantic Time Series Study (BATS) site in the North Atlantic (31° 40′ N, 64° 10′ W) on board the R/V Atlantic Explorer in July, 2014. Water was collected from depths of 1 and 60 m, using Niskin bottles on a rosette containing a conductivity, temperature and depth (CTD) sensor package. An inoculum of unfiltered “whole water” containing natural bacteria and archaea assemblages was added to grazer-diluted incubation media. Water samples for the incubation media were collected from 1 m depth, to ensure low background concentrations of CDOM as a result of photobleaching, low lignin concentrations due to photooxidation and low nutrients (Nelson et al., 2004, 2007; Hernes and Benner, 2006). Seawater collected from 1 m depth was filtered through a 0.2-μm filter (Whatman Polycap AS) and 14-L aliquots were transferred into 20-L polycarbonate carboys (Nalgene, United States) that were pre-cleaned with 10% hydrochloric acid. Water for the inoculum was collected from a depth of 60 m (where maximum bacterioplankton and CDOM concentrations can typically be observed at BATS) (Carlson and Ducklow, 1996; Steinberg et al., 2001; Bates and Johnson, 2016), and 7 L of inoculum was added, unfiltered, to each carboy, thereby diluting the filtered surface seawater to 70% of the total volume (Supplementary Table S1). This diluted seawater culture approach has been shown to alleviate grazing pressure by protistan grazers (Carlson et al., 2002, 2004; Nelson et al., 2004). In situ concentrations of NO3 and PO4 were <0.02 and <0.03 μmol L–1, respectively, at both 1 m and 60 m depth (Steinberg et al., 2001); CDOM absorbance (325 nm) at 1 m was 0.075 m–1 and 0.155 m–1 at 60 m. Although in situ DOC concentrations were not measured on the cruise, TOC concentrations ranged from 67.1 μmol L–1 at 60 m to 67.4 μmol L–1 at the surface. Previous studies have indicated that DOC comprises the majority of TOC in the epipelagic zone at BATS and have evidenced DOC concentrations of ∼68 μmol L–1 from June to October (Carlson et al., 1998).



Nutrient Amendments

Replicate incubations (n = 2) were performed in the dark and at the in situ temperature of the inoculum (23°C). Seawater dilution cultures included unamended controls and treatments that included a combination of organic and inorganic amendments (Supplementary Table S1). The DOM amendments (shown in Supplementary Table S1) included: (1) lignin (96% purity, alkali-extracted with low sulfonate content; Sigma-Aldrich) (Lignin); (2) lignin with the addition of 1 μmol L–1 ammonium chloride (99.998% trace metal basis; Sigma-Aldrich) and 0.1 μmol L–1 dipotassium phosphate (BioUltra anhydrous ≥ 99.0%; Sigma-Aldrich) (LNP); or (3) glucose (D-(+ -Glucose ≥ 99.5% (Sigma-Aldrich) with the addition of 1 μmol L–1 ammonium chloride and 0.1 μmol L–1 dipotassium phosphate (GNP). The inclusion of both GNP and LNP treatments in this study allowed for the direct comparison of the microbial response to a model labile substrate, compared with a complex terrigenous organic substrate. The commercial lignin was chosen according to previous work by Boyle et al. (2009). Concentrations of N and P were chosen to be similar to those used in previous work at the BATS site (Carlson et al., 2002). D-glucose was added to the carboys to obtain a final concentration of 10 μmol L–1 C. The solution was prepared such that less than 20 mL of the aqueous glucose solution was added to the 20 L sample, and thus did not affect the ionic strength of the sample. A solution of lignin was prepared by the addition of solid lignin material to de-ionized water (MilliQ, Millipore, United States), with subsequent sonication and filtration (GF/F filters, Whatman, and a pre-rinsed 0.2-μm pore size track-etched polycarbonate filter, Whatman). The total organic carbon (TOC) content of the solution was determined according to Carlson et al. (2010) prior to inoculation and the solution was pipetted directly into the appropriate carboys to target a concentration of 10 μmol L–1 C. Samples for bacteria and archaea cell abundance, DOC, CDOM, and fluorescence in situ hybridization (FISH) were drawn by spigot directly into sampling containers at discrete time intervals over a period of 35 days.



Determination of CDOM Absorption Coefficient

Changes in CDOM concentrations were determined by UV-Visible spectroscopy. Subsamples for each amendment were gravity filtered through a 0.2-μm filter (polycarbonate track-etched membrane filter; Whatman, Chicago, IL, United States) that had been pre-flushed with 500 mL of de-ionized water and collected into muffled glass vials (I-Chem, Thermo Fisher Scientific, Waltham, MA, United States) fitted with PTFE-lined polypropylene caps. Samples were stored in the dark at 4°C until analysis. Absorbance measurements were made using a dual-beam spectrophotometer (Perkin Elmer Lambda-18), equipped with a photo-multiplier tube. Samples were analyzed in quartz cuvettes with a 10-cm pathlength and were blank corrected against de-ionized water. Blank-corrected spectra (250–700 nm) were reported as absorption coefficients (m–1) using the equation:
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where a is the absorption coefficient (m–1), A is the absorbance and l is the pathlength (m). Absorbance values at discrete wavelengths in the near-UV spectrum (325 and 340 nm) were selected from individual spectra to measure changes in concentration and changes in CDOM components over time, particularly lignin (Hernes and Benner, 2003; Del Vecchio and Blough, 2004; Nelson et al., 2004).



Enumeration of Bacteria and Archaea Cell Abundance

Bacteria and archaea abundance samples (40 mL) were fixed with formalin (10% final concentration), and stored at −80°C until slide preparation. Slides were prepared according to Porter and Feig (1980), Parsons et al. (2015), and McNally et al. (2017). Slides were then enumerated using an AX70 epifluorescence microscope (Olympus, Tokyo, Japan) under ultraviolet excitation at 1000× magnification. At least 500 cells per slide (10 fields) were counted for bacteria and archaea abundance.



Quantification of Dissolved Organic Carbon

Dissolved organic carbon was sampled in duplicate and filtered through 0.7-μm pre-combusted glass fiber filters (Whatman, GF/F) into pre-combusted borosilicate glass vials (40 mL; I-Chem) fitted with acid-washed Teflon-lined caps and stored frozen at –20°C until analysis. All DOC samples were sent to the University of California for analysis. Samples were analyzed using high-temperature combustion on Shimadzu TOC-V analyzers, with slight modifications from the manufacturer model, as described in Carlson et al. (2010). In order to minimize the machine blanks, expansive conditioning of the combustion tube with repeated injections of low carbon water (LCW) as well as deep seawater was performed. A daily standardization of the system response was performed using a four-point standardization calibration curve of glucose solution in LCW. In-house surface and deep references were included in every analytical run in order to ensure comparability between sample sets. The in-house surface and deep references used in this study were collected from the Santa Barbara Channel in April 2014 and calibrated against consensus reference material (Hansell, 2005) and historical house reference materials.

The average surface and deep reference values were 66.6 ± 0.9 and 38.0 ± 0.7 μmol L–1 C, respectively. Further details of this method are described in Carlson et al. (1998, 2010).



Enumeration of Specific Lineages by Fluorescence in situ Hybridization (FISH) and Catalyzed Reporter Deposition-FISH (CARD-FISH)

Fluorescent in situ hybridisation was utilized to quantify the abundance of the major bacteria and archaea phylotypes present in the seawater. We followed the protocols described in Parsons et al. (2015) and McNally et al. (2017) for all FISH and CARD-FISH. The FISH probes used for this study (Supplementary Table S3) have previously been validated in silico for specificity using Probe Match on the Ribosomal Database Project (Cole et al., 2009) and TestProbe and Probebase on the SILVA website (Loy et al., 2007). The bacterial and archaeal groups quantified included the SAR11 clade (152R, 441R, 542R, 732R probes), Alteromonas spp. (AC137R), Flavobacteria II (CFB563R), Rhodobacteraceae (536R), SAR202 (103R, 311R), Euryarchaeota (Eury806), and Thaumarchaeota (Thaum537) (McNally et al., 2017).



RESULTS


Bacteria and Archaea Cell Abundance

The cell abundance data show that in all treatments where lignin was added (Lignin or LNP), the microbial response was greater than that observed in the unamended Controls (Paired t-test for Control and Lignin (p < 0.05), and for Control and LNP (p < 0.05); Figure 1). The unamended Controls exhibited a 2.5-fold increase in bacteria and archaea cell abundance (from 1.875 × 108 cells L–1 to 4.42 × 108 cells L–1) between days 0 and 12. The treatments that were amended solely with commercial lignin showed an average increase in cell abundance of ∼3-fold between days 0 and 5 (from 1.67 × 108 cells L–1 to 4.95 × 108 cells L–1), after which the population remained relatively unchanged until day 12, when it increased by another 1.2-fold (to 6.59 × 108 cells L–1). The treatments amended with lignin in addition to nitrogen and phosphorus (LNP) showed an average increase in cell abundance of 3-fold between days 0 and 5 (from 1.99 × 108 cells L 1 to 6.20 × 108 cells L–1) and then remained in stationary growth for the duration of the incubation. The glucose amendments with added nitrogen and phosphorus (GNP) demonstrated an increase in cell abundance (from 1.81 × 108 cells L–1 to 1.10 × 109 cells L–1) between days 0 and 2, then approximated stationary growth through day 6 (at ∼ 1.40 × 109 cells L–1), after which cell densities declined through day 12.
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FIGURE 1. Bacterioplankton cell abundance (×108 cells L– 1) over time (days). Solid lines represent the average of replicates for each of the four treatments: GNP, Lignin, LNP, and un-amended controls. Individual datapoints, representing duplicates for each treatment are color-correlated with the plot of the respective mean.




Changes in CDOM Absorbance

The absorbance of the unamended Control (absorption coefficient at 325 nm; m–1) ranged from 0.098 m–1 at day 0 (T0) to 0.134 m–1 at day 12 (T15; Figure 2, top panel). In the GNP amendments, CDOM absorbance at 325 nm increased continuously over the first 3 days from 0.129 m–1 to 0.182 m–1, then decreased to 0.123 m–1 by day 5 (T9) (Figure 2, top panel) and remained relatively unchanged (paired t-test for T9 and T14, p > 0.05) for the remainder of the experiment (Figure 2). CDOM 325 nm absorption coefficients at the absorbance maximum in the GNP treatments were almost 70% higher than for Controls at the same time point. Both the Lignin and LNP amended samples exhibited a higher initial absorbance (between 250 and 450 nm) than the Controls at day 0 (T0), due to the chromophoric nature of the amendments themselves (T0 = 0.664 m–1 and 0.650 m–1, respectively). Spectra (250–450 nm) of both Lignin and LNP amended samples (Figure 3, top and center panels, respectively), exhibited a discrete peak at approximately 340 nm, attributed to the amendment of lignin, as well as a less pronounced shoulder from 260–280 nm. Both of these peaks decreased substantially between days 2 and 10, indicating a loss of absorbance at these wavelengths of approximately 30%, and resulting in spectra that resembled the shape of oceanic CDOM spectra (Figure 3, bottom panel). In both treatments, absorbance at 325 nm increased until day 2 (Figure 2, bottom panel), indicating the production of CDOM in situ and then exhibited an almost 25% decrease in absorbance, falling below initial absorbance values (Figure 2, bottom panel). Both LNP and Lignin absorbance at 325 nm remained relatively unchanged from day 10 to 35 (paired t-tests, p = 0.06 and p = 0.25, respectively; Supplementary Figure S1).
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FIGURE 2. Changes in the CDOM absorption coefficient (m–1) at 325 nm from day 0 through day 12 (T0–T15) for (A) GNP (purple line with dots) and Control (light blue line with dots) and (B) Lignin and LNP treatments (red line and green line with dots, respectively).
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FIGURE 3. (A) CDOM absorption coefficient (m–1) for the Lignin treatment [250–450 nm, for days 2–5 (T4–T9)]. (B) CDOM absorption coefficient (m–1) for the LNP treatment [250–450 nm, for days 2–5 (T4–T9)]. (C) CDOM long-wavelength absorbance (250–700 nm; m–1) for Lignin on days 2 and 5 (T4 and T9) and Control T0 (day 0).




Dissolved Organic Carbon Utilization

Dissolved organic carbon analysis confirmed an addition of ∼10 μmol L–1 C to each of the Lignin, LNP, and GNP treatments, compared to the control at the time of inoculation (Control = 66.6 μmol L–1 C ± 1.2; Lignin = 78.2 μmol L–1 C ± 1.0; LNP = 78.2 μmol L–1 C ± 1.1; GNP = 77.6 μmol L–1 C ± 1.1.). There was no resolvable change in DOC throughout the incubation for either the unamended control or the LNP treatments. We observed a loss of ∼ 4 μmol L–1 and 11 μmol L–1 in the Lignin and GNP treatments, respectively (Figure 4).
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FIGURE 4. Dissolved organic carbon (DOC; μmol L– 1 C) concentrations for all treatments and controls. DOC was measured at the initial time point (blue) and after 6 days (orange). Error is shown as standard deviation between replicate samples and treatments. The star indicates a significant change (two sample t-test assuming unequal variances) in DOC between the two time points.




Specific Lineages Measured Using FISH and CARD-FISH

The initial microbial community (T0) in all treatments was dominated by members of the SAR11 lineage, with cell abundances between 4.18 and 5.82 × 107 cells L–1, while cell abundances of all other targeted groups were at least an order of magnitude lower (Supplementary Figures S2A–D). In the unamended Control samples, SAR11 continued to increase throughout the incubation, reaching 1.61 × 108 cells L–1 by day 6 (T10), with cell abundances still above 1 × 108 cells L–1 on day 10 (T13; Figure 5 and Supplementary Figure S2A). In contrast, bacteria and archaea populations in the amended treatments shifted by day 4, and SAR11 abundance reached stasis, while other lineages increased (Supplementary Figures S2B–D).
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FIGURE 5. (A) difference in percent contribution of specific lineages to the total prokaryote populations and (B) difference in the cell abundance of targeted lineages in each of the four treatments (Control, GNP, Lignin, LNP) between days 0 and 6 (T0 and T10).


In the GNP treatments, Alteromonas spp. increased from >2 × 106 cells L–1 (T0) to almost 9 × 108 cells L–1 by day 4, comprising 56.3% of the total microbial community (Figure 5B and Supplementary Figure S2B). The increase in Alteromonas was less pronounced in both lignin-amended samples (a net increase of 2.60 and 4.76 × 107 cells L–1, respectively, compared to an increase of 8.87 × 108 cells L–1 in the GNP treatments), whereas Archaea became more pronounced in these treatments (Figure 5A and Supplementary Figures S2C,D). During days 0 through 4, the cell population of Thaumarchaeota increased from 1.60 × 106 cells L–1 to 4.54 × 107 cells L–1 (a factor of ∼28) in the Lignin treatments and from 3.26 × 106 cells L–1 to 4.28 × 107 cells L–1 (a factor of ∼13) in the LNP treatments. Over the same time period, Euryarchaeota increased from 2.42 × 106 cells L–1 to 1.72 × 107 cells L–1 (a factor of ∼7) in the Lignin treatments and from 2.93 × 106 cells L–1 to 3.30 × 107 cells L–1 (a factor of ∼11) in the LNP treatments (Figure 5A and Supplementary Figures S2C,D). In fact, Thaumarchaeota increased from 3.26 × 106 cells L–1 to 4.54 × 107 cells L–1 between days 0 and 4 (Supplementary Figure S2C). However, by day 6, Thaumarchaeota abunances in all lignin-amended treatments had decreased to approximately 2 × 107 cells L–1. Euryarchaeota cell abundance decreased from 1.71 to 1.16 × 107 cells L–1 between days 4 and 6 in the Lignin treatments, and decreased from 3.30 × 107 cells L–1 to only 5.70 × 106 cells L–1 between days 4 and 6 in the LNP treatments (Supplementary Figures S2C,D). In the unamended Control treatments, the abundance of Thaumarchaeota and Euryarchaeota decreased by day 4 (a loss of 5.02 × 106 cells L–1 and 4.47 × 107 cells L–1, respectively. Cell densities of Thaumarchaeota also decreased in the GNP treatments throughout the first 4 days (from 9.87 × 105 cells L–1 to 7.29 × 105 cells L–1), while Euryarcheota cell abundances were low but exhibited an increase (from 8.65 × 105 cells L–1 to 1.41 × 106 cells L–1) (Supplementary Figures S2A,B).

In addition to increases in Archaea, cell growth was observed for SAR202, which increased by between day 0 and day 4 for all amended samples (Figure 5 and Supplementary Figures S2A–D). Cell densities of Rhodobacteracea in the unamended controls did not exceed an average of 1.55 × 107 cells L–1 (Figure 5A), but demonstrated a significant increase in cell abundance in all of the amended treatments (paired t-tests for growth between day 4 and 6 for each amendment, p < 0.05 for all tests; Supplementary Figures S2B–D). Cell growth was highest in the treatments with added inorganic nutrients (GNP = 1.30 × 108 cells L–1 and LNP = 1.08 × 108cells L–1, respectively, on day 6), whereas it only reached a maximum of 6.33 × 107 cells L–1 (on day 6) in the Lignin treatments. Notably, in all of the amended samples and the controls, the maximum growth for Rhodobacteracea did not occur until day 6. Additionally, growth of Flavobacteriales was investigated, but although it was detected at all time points for all treatments, in the lignin amended treatments, it reached a minimum on day 4, while like Rhodobacteracea, it reached a maximum on day 6.



DISCUSSION


Microbial Growth and DOC Utilization

The GNP amended treatments yielded the greatest growth response and coincident drawdown of DOC (Figures 4, 5B) of all treatments, which is consistent with previous studies that have demonstrated that copiotrophic populations grow rapidly in the presence of a labile carbon source and available macronutrients (Carlson et al., 2002, 2004, 2009; Ewart et al., 2008; Goldberg et al., 2011; Nelson and Carlson, 2012). Microbial cell growth was also evidenced in the Lignin and LNP treatments (Figure 1), which suggests that some marine heterotrophs were able to utilize a portion of the added lignin; however, the question of which components of the lignin molecule were used remains unresolved. Unlike the GNP amendments, where DOC drawdown accounted for all of the added organic carbon, no significant DOC drawdown was observed in the Lignin or LNP amendments (Figure 4). However, DOC removal in the Lignin treatment was greater than that observed in the unamended control (Student’s t-test, p = 0.174), where DOC removal was also not resolved. As the DOC measurements were not resolvable below the micromolar level, we cannot say definitively whether DOC was utilized in the Lignin and LNP treatments. However, the lignin amended dark incubations revealed greater prokaryote growth compared to the unamended controls, suggesting that marine heterotrophs were able to utilize a portion of the DOM in the lignin amended treatments to support anabolism. A such, we utilized CDOM measurements to further investigate changes in DOM.



Changes in CDOM Absorbance

The microbial growth over the first few days, coincident with an increase in CDOM absorption at 325 nm in all amended samples (Figures 1, 2), is consistent with the idea that as organic matter is remineralized by microbes, chromophoric byproducts are produced, either through direct release or by transformation of organic matter to a molecular structure with enhanced chromophoric properties (Stedmon and Nelson, 2015). While CDOM production in the GNP amendments was followed by a decrease in the 325 nm absorption coefficient to levels similar to those at T0 (Figure 2, top panel; Supplementary Table S2), the CDOM absorbance at 325 nm in the Lignin and LNP amendments decreased to values 20% lower than the T0 values (Figure 2, bottom panel), further suggesting an alteration of chromophoric organic matter in the lignin amended treatments. Nevertheless, the final CDOM values between 250 and 450 nm in the Lignin and LNP treatments remained well above those of the unamended control (Figure 3), suggesting that portions of the lignin remained unaltered in these treatments. Absorbance measurements alone do not conclusively prove that microbial remineralization of the amended carbon took place in the incubated samples; however, a decrease in CDOM absorbance coincident with an increase in some lineages of bacteria and archaea in the lignin amended treatments does suggest that these microbes altered the chromophoric components of lignin throughout the incubation. Thaumarchaeota and Euryarchaeota, in particular, reached maximum cell abundances in the Lignin and LNP treatments in conjunction with minimum CDOM 325 nm values (Figures 2, 5). Specifically, there was a coinciding decrease in spectral absorbance at the lignin excitation maxima (∼340 nm; Figure 2, bottom panel; Figure 3, top panel and middle panel) as Thaumarchaeota cell abundance increased (Supplementary Figures S2C,D). The more pronounced growth of Euryarchaeota in the LNP treatment than in the Lignin treatment (2.91 × 107 cells L–1 vs. 1.27 × 107 cells L–1, respectively; Supplementary Figures S2C,D) may indicate the additional requirements of nitrogen and phosphorus for cell growth of this lineage. Furthermore, metagenomic analysis has revealed that Marine Group II Euryarcheota have protein degradation pathways (Iverson et al., 2012; Orsi et al., 2016) and may have a role in DON transformation.

The featureless absorption spectrum of CDOM in natural waters, which exhibits an exponential increase in absorbance with decreasing wavelength, has been the subject of much discussion, as it has been shown that this spectrum cannot be the result of the superposition of spectra of individual chromophores (Blough and Del Vecchio, 2002; Del Vecchio and Blough, 2002, 2004), and it has been suggested that chemical alteration of chromophores must occur to produce the CDOM spectrum. Del Vecchio and Blough (2002, 2004) proposed that charge-transfer complexes formed from the partial oxidation of lignin precursors were responsible for the absorbance spectra in laboratory experiments using dissolved humic substances and that these complexes would be found in natural waters, where donor-acceptor complexes arise. Upon initial amendment of the incubations with lignin, a distinct absorbance peak was observed at ∼340 nm (which is not observed in monthly in situ CDOM measurements at BATS), along with a broad “shoulder” between 265–280 nm (Figure 3, top and middle panels). However, as absorbance was measured over time, the enhanced absorbance at these wavelengths gradually decreased, resulting in a spectrum which more closely resembled the shape of the featureless “textbook” CDOM spectrum, as described by Blough and Del Vecchio (2002) and Nelson and Siegel (2002) (Figure 3, bottom panel). The timing of this CDOM transformation coincided with an increase in cell abundance and could indicate that microbes may play a previously unknown role in creating the charge-transfer complexes proposed to govern CDOM absorbance.



Taxon-Specific Microbial Response

The taxa targeted by the probes used in this study have been found within the North Atlantic Subtropical Gyre, which is dominated by the oligotrophic alphaproteobacterium, SAR11, representing ∼40% of the prokaryotic community in the euphotic zone (Morris et al., 2002a, b). In the amended incubations, the absolute cell abundance of SAR11 was relatively constant over time (Supplementary Figures S2C,D), while several other lineages increased. Members of the SAR202 clade of marine bacteria exhibited a maximum increase in cell abundance (Figure 5 and Supplementary Figures S2C,D) in the amended treatments at the same time when CDOM decreased. SAR202 have been estimated to account for ∼30% of all bathypelagic plankton (Morris et al., 2004; Varela et al., 2008), and studies have shown that multiple SAR202 clade genomes encode families of enzymes such as flavin-dependent monooxygenases, enolases and ring-hydroxylating dioxygenases, that may allow for the degradation of recalcitrant organic matter (Landry et al., 2017; Liu et al., 2019). As such, the ability of SAR202 to degrade lignin warrants further study. While maximum cell abundance was reached on day 4 for most of the targeted lineages, the copiotrophic alphaproteobacterium Rhodobacteracea exhibited maximum growth on day 6 in all treatments (Supplementary Figures S2A–D). The maxima for Rhodobacteracea occurred after CDOM had already decreased and therefore, it remains unclear if members of this lineage were consuming lignin directly or if they were utilizing byproducts of its remineralization. Members of Rhodobacteracea have been shown to comprise approximately 5% of the total bacterioplankton community within the surface 300 m of the Sargasso Sea (Parsons et al., 2011). However, in this study, Rhodobacteracea comprised up to 13% of the population in the Lignin amendment and 17% of the total population in the LNP amendment. The maximum cell abundance of Rhodobacteracea in the LNP treatments was almost double that observed in the Lignin treatments (Figure 5), and was comparable to the maximum observed for Rhodobacteracea in the GNP treatments (Figure 5). This presents the possibility that Rhodobacteracea growth was influenced by added N and P.

It is interesting to note that Alteromonas exhibited higher cell abundances in the LNP than the Lignin treatment (Figure 5 and Supplementary Figures S2C,D), as Alteromonas is a copiotrophic organism, and has been shown to outcompete other species in the presence of labile carbon substrates, especially when nitrogen and phosphorus are not limited. Additionally, the added N and P in the LNP amended samples could account for the fact that Alteromonas cell abundance was almost double that in the Lignin treatment. Several possible mechanisms could account for its growth in the lignin amended samples. It is possible that Alteromonas was able to utilize the DOM that was originally present in the seawater before the carbon substrate was added. Conversely, labile breakdown products could have been generated by the degradation of lignin by other lineages, which Alteromonas was then able to utilize. Alternately, Alteromonas may be able to directly utilize a portion of the lignin macromolecule.

The growth of Thaumarchaeota in both lignin amended treatments is of particular interest, as this lineage is known for its demonstrated ability to oxidize ammonia and as such, is largely known as a chemoautotroph (Konneke et al., 2005; Walker et al., 2010). However, it has also been shown to take up amino acids, and genes linked to the utilization of organic carbon have been identified in the same lineage of marine Archaea as that identified in our study, thus revealing the potential mixotrophic nature of this lineage (Hallam et al., 2006; Pester et al., 2011; Varela et al., 2011). It has been reported that approximately 60% of Archaea in samples collected from the Mediterranean and Pacific, including Marine GI Crenarchaeota-1 and Crenarchaeota-2, could uptake dissolved amino acids (Ouverney and Fuhrman, 2000). This study concluded that a portion of Crenarchaeota are heterotrophic and coexist with bacteria. Furthermore, a 2006 study of Crenarchaeota in the North Atlantic also demonstrated their ability to uptake amino acids, with certain lineages actively incorporating D- and L- aspartic acid (Teira et al., 2006). Notably, while the Crenarchaeota phylum has since been divided, creating the new Thaumarchaeota phylum, the oligonucleotide probe used by both Varela et al. (2011) and Teira et al. (2006) to identify Crenarchaeota (Cren537 [5-TGACCACTTGAGGTGCTG-3′]) is the same as was used in the present study to detect Thaumarchaeota.



Proposed Mechanisms of Lignin Degradation by Bacteria and Archaea

As a component of cell walls in vascular plants, lignin serves to protect plants from pathogens and is therefore naturally resistant to degradation from many types of microbes. The complex nature of the cross-linked lignin macromolecule, comprising of three phenolic monomers, creates a natural hindrance to radical decoupling and therefore can impede microbial degradation of the compound. While enzymatic breakdown of lignin has not previously been demonstrated for oceanic microbes, particularly archaea, two species of bacteria have been found to degrade lignin in marine pulp mill effluent (Gonzales et al., 1997), and there are groups of soil-associated bacteria, as well as many fungi (Glenn et al., 1983; Tien and Kirk, 1984; Glenn and Gold, 1985; Gong et al., 2014) that use peroxidases and laccases (Cragg et al., 2015) to degrade lignin. Although fungi typically utilize heme-based lignin peroxidase (LiP) or manganese peroxidase (MnP) to depolymerize lignin, the mechanisms for microbial degradation of lignin are less clear (Brown et al., 2011; Brown and Chang, 2014). It is interesting to note that archaeal ammonia monooxygenases belong to a family of copper-containing membrane-bound monooxygenases (CuMMOs) (Pester et al., 2011) and the ability of these enzymes to oxidize lignin into phenolic breakdown products has not yet been investigated.



CONCLUSION

This study provides evidence that transformation of terrigenous DOM in dark incubations by marine heterotrophs is taxon-specific, with some marine lineages of bacteria and archaea altering what were previously thought to be biologically recalcitrant carbon sources, on a timescale of days. Furthermore, these results indicate that in addition to the photochemical interactions speculated as being responsible for the distinct CDOM absorbance spectrum, that biologically driven alterations of chromophores may occur.

Additionally, this study demonstrates a clear growth response to added lignin by multiple bacteria and archaea lineages, including Thaumarchaeota, warranting further investigation as to whether this is a primary response consistent with previous evidence that Thaumarcheota is mixotrophic, or a secondary response to reduced remineralization byproducts of other organisms. These results also provide further insight into the mechanisms by which cycles of terrigenous and autochthonous DOM in the pelagic ocean are inter-connected. The subsequent in situ production of CDOM (at 325 nm) in lignin-amended incubations of marine heterotrophs suggests a cycle in which terrigenous and autochthonous CDOM are linked, with specific lineages of bacteria and archaea capable of transforming portions of lignin and then producing autochthonous CDOM, either through the production of DOM or the molecular rearrangement of existing DOM. Because up to 25% of lignin remains undegraded by photolysis, and lignin has been detected in the bathypelagic region of the North Atlantic, questions remain about the role of microbial degradation in the deep ocean. It is increasingly evident that the chemical composition and optical properties of DOM are linked to microbial community composition, and that these factors play a large role in determining the lability and fate of organic carbon in the ocean. It is by better understanding these links that a more comprehensive view of DOM cycling in the ocean can be achieved.
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