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Plastic debris in aquatic environments is colonized by microbes, yet factors influencing biofilm development and composition on plastics remain poorly understood. Here, we explored the microbial assemblages associated with different types of plastic debris collected from two coastal sites in the Mediterranean Sea. All plastic samples were heavily colonized by prokaryotes, with abundances up to 1.9 × 107 cells/cm2. Microbial assemblages on plastics significantly differed between the two geographic areas but not between polymer types, suggesting a major role of the environment as source for the plastisphere composition. Nevertheless, plastic communities differed from those in the surrounding seawater and sediments, indicating a further selection of microbial taxa on the plastic substrates. The presence of potential pathogens on the plastic surface reflected the levels of microbial pollution in the surrounding environment, regardless of the polymer type, and confirmed the role of plastics as carriers for pathogenic microorganisms across the coastal ocean, deserving further investigations.
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INTRODUCTION

Synthetic thermoplastic polymers, commonly known as plastics, are widespread in our society and constitute one of the most used materials in our everyday life (Barnes et al., 2009). The increasing global production and use of plastics has led to an accumulation of enormous amounts of plastic litter in the world’s oceans, from the coastline to the open sea and from the surface down to the seafloor (Barnes et al., 2009; Schlining et al., 2013), even reaching the most remote open ocean ecosystems (Cózar et al., 2017). Increasing concerns have focused on plastics as a cause of injuries and other health problems for marine organisms (Brouwer et al., 2017) and on their role as a vector of persistent organic pollutants (POPs; Andrady, 2011), invasive species (Barnes and Fraser, 2003; Gregory, 2009), as well as pathogenic species (Keswani et al., 2016).

Whatever their size, in the aquatic environment, plastics represent a physical substrate for microbial colonization and biofilm formation. Several studies have reported that plastics select for specific microbial communities, which differ from the organic particle-attached and free-living communities (Zettler et al., 2013; Oberbeckmann et al., 2015, 2016; Bryant et al., 2016; Dussud et al., 2018; Pinto et al., 2019), and host the so-called “core” plastisphere community (Zettler et al., 2013). However, whether microbial assemblages on marine plastics are selected in relation to the type of polymers, the geographical location, and/or seasonality remains controversial (Carson et al., 2013; Oberbeckmann et al., 2014; Amaral-Zettler et al., 2015; De Tender et al., 2015). Additionally, recent works also suggest that (micro)plastics represent novel means of transport for pathogenic microorganisms, across the marine environment, consequently acting as a possible medium for the spread of these microbes and the consequent diffusion of infectious diseases (Zettler et al., 2013; Keswani et al., 2016; Kirstein et al., 2016). Moreover, due to their known ability to adapt quickly to new environmental conditions (Wiedenbeck and Cohan, 2011), it has been hypothesized that some marine microorganisms are able to use the plastic debris as a new substrate not only for the formation of biofilm but also to further use plastic polymers as a carbon source (Balasubramanian et al., 2010; Bryant et al., 2016).

The Mediterranean basin is one of the largest plastic debris accumulation areas in the world (Ruiz-Orejón et al., 2016; Suaria et al., 2018), with values similar to those reported from the inner accumulation zones of all main oceanic gyres (Cózar et al., 2015). Within the Mediterranean Sea, the Adriatic Sea has shown a significantly lower abundance of plastic fragments in respect to the Western Mediterranean basin, likely reflecting the distinctive hydrological features of the Adriatic basin (Suaria et al., 2018). On the Tyrrhenian Sea, contrasting results have been obtained in the accumulation of plastic debris, due to seasonal and sea currents variations (Suaria and Aliani, 2014; Deudero and Alomar, 2015; Mansui et al., 2015).

In this study, we selected two sites located on the opposite coasts of Italy, Naples (Tyrrhenian Sea) and Ancona (Adriatic Sea), on the basis of their geographical distance and different levels of human impact, and we described the morphology, abundance and diversity of the prokaryotic communities living on plastic debris. Plastic samples were analyzed in order to verify whether plastics selected for a specific microbial community, and to understand to what extent the surrounding environment acts as the source for bacterial colonization. Finally, with the aim of testing the role of debris as vector of pathogens, we looked for the presence, diversity and distribution of fecal microbes and potential human pathogens within our dataset.



MATERIALS AND METHODS


Study Area

Sampling activities were carried out at two sites located on the Western (in the city of Naples, 40°50′ N 14°13′ E) and Eastern (in the city of Ancona, 43°36′ N 13°27′ E) coast of Italy. Both study areas were selected as representative of anthropogenically impacted coastal sites, although at different levels. In fact, the site at Naples is an urban beach very close to the city center, characterized by typically high frequencies of tourists and the presence of potential pollution sources (sewage output pipes) in proximity of the sampled area. The site in Ancona was a recreational beach located farther from the city, in an area characterized by beach tourism during the summer season. From each site, we collected plastic debris, seawater and sediment samples. Sampling activities were carried out on January 2018 in Naples (“NAP-”, “NAPWAT-”, “NAPSED-” for plastic items, water and sediment samples, respectively) and in Ancona (“AN-”, “ANWAT-”, “ANSED-” for plastic items, seawater and sediment samples, respectively). Plastic items with different sizes (ranging from few cm2 to about 10 cm2), colors and textures (Figure 1), were randomly collected on the shore in the intertidal area (thus in direct contact with both sediment and seawater, and subjected to sun exposure) using sterilized tweezers. One liter of surface seawater and about 50 g of surface sand from the shoreline were also collected close to the plastic fragments’ collection area by using sterile procedures, and put within sterile containers until return to laboratory. After collection, plastic items were stored at 4°C for transport to the nearby laboratory. A total of seven plastic items were collected in Ancona, and 12 in Naples. Once in the laboratory, before processing, plastic items were washed for a few seconds with sterile seawater in order to remove the loosely-attached sand and microbes from the surface. Each plastic item was then cut into different scraps of 2 × 2 cm ca. surface area; each of these fragments was used for a different analysis, as described below. All procedures in the laboratory were performed under sterile conditions (i.e., under laminar flow hood and using sterile tools) in order to avoid further contamination of the samples during processing.
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FIGURE 1. Images of a selected subset of plastic items collected in this study from the Naples (NAP) and Ancona (AN) sites. As shown, different types of plastic items were collected, according to color, texture and size. Scale is reported.




μFT-IR Spectroscopy

Each plastic item was analyzed by using a μFT-IR microscope (Spotlight i200, PerkinElmer) coupled to a spectrometer (Spectrum Two, PerkinElmer) in order to provide knowledge on their chemical composition. All the measures were made using the μATR mode; following back-ground scans, 32 scans, with a resolution of 4 cm–1, were performed for each item. The software Spectrum 10 was used for the output spectra and the identification of polymers was performed by comparison with libraries of standard spectra. Polymers matching with reference spectra for more than 70% were validated (Avio et al., 2015).



Scanning Electron Microscope

A subset of plastic fragments was selected and examined for biofilm visualization by Scanning Electron Microscope (SEM). Preparation of plastic fragment followed the protocols described by Zettler et al. (2013) and Pinto et al. (2019) with slight modifications. Briefly, plastic fragments were fixed with 4% formaldehyde for about 24 h. The samples were then washed three times using sterile seawater for 15 min to allow the removal of all the formaldehyde, and dehydrated in a graded ethanol series of 30, 50, 70, and 90% and absolute ethanol for 30 min each. Critical point drying was performed on a Leica EMCPD300. Plastic fragments were then platinum-coated using a Polaron SC7640 Sputter Coater (Thermo VG Scientific). Images were obtained with a JSM-6700F scanning electron microscope (Jeol) at an accelerating voltage of 10.00–20.00 kV.



Prokaryotic Abundance

Total prokaryotic abundance (TPA) was measured on plastic and sediment samples by epifluorescence microscopy, using acridine orange as stain as described by Luna et al. (2002). Briefly, three fragments (i.e., replicates) were used for TPA, each one placed in a sterile tube and fixed with 10 mL of pre-filtered, 2% formalin solution, previously buffered with Na2B4O7 × 10H2O until a complete coverage of samples by the solution. Fixed samples were preserved overnight at 4°C. Each sample was then sonicated three times for 1 min to detach cells from plastic fragments and sediments. Subsequently, sediment subsamples were diluted 500 times in filtered seawater, while 100 μL of the suspension of the plastic samples was diluted in 3 mL of filtered seawater. Each sample was then stained with acridine orange (final concentration, 0.025%), and the solution was filtered on a black Nucleopore polycarbonate 0.2 μm pore-size filter by vacuum pump. Each filter was analyzed using epifluorescence microscopy. For each slide, 10 randomly selected microscope fields were observed, and the microbial cells were counted. For each replicate, cell abundances were calculated as the average number of prokaryotic cells per field. The same method was used for sediment (three replicates of 1 g were diluted 100 times in filtered water).



Biodiversity and Community Composition by High-Throughput Sequencing of Microbial 16S rDNA

Microbial DNA was extracted from each plastic fragment, from 1 L of seawater, filtered on 0.22 μm membrane filter by vacuum pump, and from 1 g of sediment sample, using the PowerSoil DNA Isolation Kit (Mo Bio Laboratories, Inc., CA, United States), according to the manufacturer’s instructions with two additional vortexing steps for 2 min, followed by incubation at 70°C for 5 min and adding one more washing step with Solution C5 as an additional removal step for contaminants, as described in Quero et al. (2017), to increase the DNA yield and quality. DNA concentration was determined with Qubit fluorometer (Thermo Fisher Scientific), and the DNA was stored at −80°C until the sequencing.

For HTS library preparation, the Illumina Nextera protocol was used to obtain amplicon libraries of the V3–V4 regions of the 16S rRNA gene, which were sequenced on the Illumina MiSeq platform by LGC Genomics GmbH (Berlin) using V3 chemistry and 2 × 300 bp sequencing. The 341F (5′-CCTACGGGNGGCWGCAG-3′) and 785R (5′-GACTACHVGGGTATCTAATCC-3′) universal bacterial primer pair (Eiler et al., 2012) was used. Raw sequences were pre-cleaned by clipping synthetic primers and sequencing adapters.

All sequences were imported in R and analyzed with the DADA2 package (Callahan et al., 2016). Following the package instructions, sequences’ quality was inspected by checking the quality plots and by subsequently trimming the last 30 and 50 bp for forward and reverse reads, respectively, and by allowing a max estimated error (“maxEE” option) higher than 2 and 5 per 100 bp for forward and reverse reads, respectively. After this step, samples were pooled to estimate sequencing error rates until the convergence of the parametric error model was achieved. The amplicon sequence-variant (oligotype) inference was performed on the dereplicated sequences after pooling all samples together to reduce possible biases due to low sampling depths. Chimeric sequences were then identified, paired-ends reads merged, and prokaryotic taxonomy was assigned using a native implementation of the naive Bayesian classifier method against the silva database1 (v128). The Amplicon Sequence Variants (ASV) table was then rarefied to an even number of sequences per sample to ensure an equal sampling depth for all samples (n = 3,682). ASVs were defined as clusters sharing 100% sequence identity. ASV table is available as Supplementary Data Sheet 1. The sequences have been submitted to the SRA – Sequence Read Archive (BioProject accession number PRJNA558771, SAMN12497894 to SAMN12497918).



Analyses of Microbes of Fecal Origin and Potential Pathogens Associated to Plastics

Within each sample, we specifically looked for ASVs identified as belonging to bacterial taxa of potential fecal origin. In particular, we searched for “traditional” fecal indicators (i.e., the Enterobacteriaceae family including the genera Escherichia, and Enterococcus, used worldwide to assess fecal pollution in aquatic environments) and for “alternative” fecal indicators (Newton et al., 2013; Fisher et al., 2015; Luna et al., 2016; Feng et al., 2018), belonging to five “feces-associated” bacterial families (Bacteroidaceae, Porphyromonadaceae, Clostridiaceae, Lachnospiraceae, and Ruminococcaceae) and three “sewage-associated” bacterial genera (Acinetobacter, Arcobacter, and Trichococcus), used as potential signatures of fecal (human and non-human) and sewage contamination, respectively. We also searched for other widely recognized potential human pathogens, as reported in Supplementary Table S1.



Data Analyses

The ASV table was imported in RStudio (RStudio Team, 2016) and analyzed using the R package vegan (Oksanen et al., 2017). The sample NAP2 (474 reads) was an order of magnitude smaller in library size, and was excluded from statistical analyses. ASV richness (i.e., the number of ASVs) and Shannon diversity indexes were calculated for the analysis of alpha-diversity (estimateR and diversity commands, respectively). Non-metric multidimensional scaling (nMDS) and cluster analysis were performed using a Bray–Curtis dissimilarity matrix and average linkage approach, respectively, after Hellinger’s transformation of data. To test the presence of statistical differences between and among samples for TPA, major phyla and classes and pathogenic signature, we used Kruskal–Wallis test in R, using dplyr and FSA libraries. The presence of statistical differences between microbial communities according to site and/or polymer was calculated by using PERMANOVA through the adonis function (vegan package) in R. Venn diagrams were plotted in order to show the number of shared and unique ASVs between sampling sites and between plastic polymers, sediment and water. For this analysis, any ASV found in at least one polyethylene (PE) and one polypropylene (PP) sample was considered as “shared”. Analyses of the core microbiome were performed on QIIME v1.8.0 (Caporaso et al., 2010) using the compute_core_microbiome.py script on the normalized ASV table. Finally, shared and unique ASVs were also identified using a network-based analysis (Giovannelli et al., 2016) based on the make_otu_network.py script in QIIME v 1.9.0 (Caporaso et al., 2010) to display and analyse how ASVs were partitioned between samples. Network results were visualized and analyzed with Gephi (Bastian et al., 2009).




RESULTS


μFT-IR Spectroscopy

Plastic samples were identified as PE, PP, and polystyrene (PS) through μFT-IR analysis. In the Ancona site, out of the seven total plastic samples collected, three were identified as PE and four as PP. In the Naples site, out of 12 total samples, 7 were identified as PE, 4 as PP and only 1 sample as PS (Supplementary Figure S1A).



SEM-Based Visualization of Microbial Biofilm

SEM revealed that samples were prevalently colonized by prokaryotic-sized assemblages in both PE and PP (Supplementary Figure S2A,B,D–F). In some cases, eukaryotic microorganisms, such as pennate diatoms (often fragmented) were observed (Supplementary Figure S2C). Rod-shaped cells were more prevalent than coccoid-shaped microorganisms and often occurred in patches, and including dividing cells, a finding that suggested an active microbial growth. Microbial “hot-spots” on plastics mainly occurred when cracks and pits were observed on the plastic surface.



Prokaryotic Abundance on Plastic Debris and Surrounding Environment

Epifluorescence microscopy counts revealed that all the samples were highly colonized by prokaryotes (Figure 2). TPA on plastics ranged from 0.58 to 10.35 × 108 cells/g (when considering the weight of the plastic item), and from 0.19 to 18.8 × 106 cells/cm2 (when considering the plastic item surface), with an average abundance of 6.22 × 108 ± 9.33 cells/g and 3.26 × 106 ± 5.64 cells/cm2 (weight and surface, respectively). Abundances in the sediment samples, which showed the average value of 1.30 × 107 ± 1.06 cell/g, were one order of magnitude lower than those observed in plastic samples. We found no significant difference between plastic samples considering the values of the two different sites (Kruskal–Wallis, p = 0.28). Conversely, we found a statistical difference among plastic polymers (PE, PP, and PS) (Kruskal–Wallis, p = 0.016), with higher TPA observed in NAP6 (1.88 × 107 ± 3.83 × 106 cells/cm2) and lower TPA in NAP2 (1.95 × 105 ± 8.68 × 104 cells/cm2), although this difference was mainly driven by the peak in TPA observed in NAP6 (PS).
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FIGURE 2. Boxplot showing TPA on plastic items, expressed as cells by unit of surface (A), and on sediment samples, expressed as cell per gram (B). Boxplots were calculated considering an average value derived from triplicate determinations carried out for each sample.




Prokaryotic Diversity and Community Composition

Across the whole set of samples (plastic, seawater, and sediment), we overall observed differences in the number of reads per sample (Supplementary Figure S3), ranging from 474 (NAP2) to 278,705 reads (AN7) for an average number of 62,002. Diversity analyses indicated the presence of highly diversified microbial communities present on both plastic and environmental samples.

The cumulative number of ASVs throughout the entire dataset was 8,617 ASVs, which decreased to 6,283 ASVs after subsampling and removal of NAP2 sample. Values of alpha-diversity indices of communities associated to the plastic samples (PE and PP) from Ancona (avg. ASV richness 200 ± 140, and average Shannon index 3.64 ± 0.91) were significantly lower than those from Naples (avg. 487 ± 177 for ASV richness, and 4.95 ± 0.66 for Shannon index) (Kruskal–Wallis, p < 0.05). No significant difference in prokaryotic alpha-diversity associated to the different polymers was observed. Seawater samples showed average values of alpha-diversity similar to plastics, respectively: 189 ± 63 (ASV richness) and 3.5 ± 0.05 (Shannon index) for Ancona; 468 ± 128 (ASV richness) and 4.8 ± 0.42 (Shannon index) for Naples. Consistent with the SEM images (which showed presence of microalgae, Supplementary Figure S2), a total of 177 ASVs, present in most of the plastic samples except for NAP9 and NAP11, were identified as “chloroplast,” with a relative abundance up to 13% (NAP3) (data not shown). For the subsequent analyses of prokaryotic community composition and beta-diversity, sequences identified as Eukaryote and chloroplast were removed from the ASV table.

Across the whole set of samples, the most abundant prokaryotic phylum was represented by Proteobacteria (avg., 64.83 ± 15.61%), mainly constituted by Gammaproteobacteria (37.81 ± 26.74%) and Alphaproteobacteria (22.70 ± 17.74%) (Figure 3). Other dominant phyla included Bacteroidetes (avg., 21.21 ± 13.22%), Actinobacteria (avg., 6.20 ± 7.55%), Cyanobacteria (avg., 5.5 ± 6.57%), Planctomycetes (avg., 2.00 ± 2.41%), and Firmicutes (avg., 1.50 ± 3.41%).
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FIGURE 3. Prokaryotic community composition (as%) at the Phylum level (Class level for Proteobacteria only). Groups with an average relative abundance across all samples <1% were aggregated into the group reported as “Others”. “Unassigned” includes all those reads that did not match any known taxonomy. PP, polypropylene; PE, polyethylene; SED, sediment; WAT, seawater; NA, not assigned.


At the Class level, apart from the previously described proteobacterial classes, the most abundant classes were represented by Sphingobacteria (2.04%) and Flavobacteria (18.01%) for Bacteroidetes; Acidimicrobia (2.88%) and Actinobacteria (ph. Actinobacteria) (3.10%), Bacilli (0.35%) and Clostridia (0.98%) within the Firmicutes phylum. When considering only the plastic samples, we found a significantly higher abundance of Gammaproteobacteria in Ancona (Kruskal–Wallis, p < 0.05; avg., 63.93 ± 28.49%) than in Naples (avg., 27.89 ± 19.13%); conversely, plastics from Naples showed significantly higher abundances of Alphaproteobacteria (Kruskal–Wallis p < 0.05; avg., 33.64 ± 16.73%) and Bacteroidetes (p < 0.05; avg., 26.89 ± 9.76%). The most abundant ASV throughout the entire dataset was identified as belonging to the genus Pseudoalteromonas (phylum Proteobacteria, avg. 4.3 ± 10.8%).

When considering plastic samples only, we found that the same Pseudoalteromonas ASV was the most abundant in Ancona plastic samples (0–37%, with an average of 15 ± 17%). In Naples, the most abundant ASV on plastics was identified as belonging to Dokdonia genus (avg. 4.76 ± 7.1%). Among the other most abundant ASVs on plastic items, we also found other Pseudoalteromonas (2.9%), as well as other gammaproteobacterial genera such as Cocleimonas (2.2%) and Alteromonas (2.01%). ASVs identified as Dokdonia, Alteromonas, and Sulfitobacter, among the most abundant, were found only in plastics samples.

Venn diagrams (Supplementary Figure S4) revealed that only a small fraction (6.6%) of ASVs was shared (i.e., by at least one sample in each category) between Ancona and Naples (n = 401), and mainly included ASVs belonging to the Pseudoalteromonas genus and Rhodobacteraceae family. PE and PP samples shared 630 ASVs, mainly belonging to the Pseudoalteromonas genus. Conversely, a high number of ASVs was exclusive for each of the considered groupings. Only 33 ASVs (0.5%) were shared between the four substrates, and only 89 ASVs between sediment and seawater, suggesting that these communities were consistently distinct. Results from core microbiome analyses of the ASVs shared by all plastic samples at both sites showed that none of the ASVs were present in all of our plastic items, and that one ASV identified as Sulfitobacter spp. was present in 85% of the samples. Only four ASVs, namely ASV5025 (Propionibacterium spp.), ASV6676 (Psychrobacter spp.), ASV7362 (Sulfitobacter spp.), and ASV7398 (Loktanella spp.), were found to be shared by at least 75% of PE samples. We then looked for the presence of core ASVs in each of the polymer types, and we found that only one single ASV was shared by all PE samples (ASV7362, Sulfitobacter spp.), and five in at least 85% of the PE samples, namely ASV5025 (Propionibacterium spp.), ASV6676 (Psychrobacter spp.), ASV7362 (Sulfitobacter spp.), ASV3668 (Muriicola spp.) and ASV7398 (Loktanella spp.). For PP samples, none of the ASVs were shared by all PP items, while we found that shared ASVs (n = 2) were only detectable when considering at least 75% of samples, namely ASV7362 (Sulfitobacter spp.) and ASV7398 (Loktanella spp.). ASVs with similarities to the Loktanella genus appear to be present in the majority of the plastic samples, despite being represented by different ASVs.

We further analyzed the differences in community composition among samples taking into account the whole prokaryotic communities. The non-metric Multi-Dimensional Scaling (nMDS) ordination showed that prokaryotic communities grouped separately according to the sampling site along dimension 1 (Figure 4) and, within site, were segregated according to the sample type along dimension 2 (i.e., plastic communities separated from environmental samples). Overall, we found that microbial communities on plastics were significantly (adonis, p ≤ 0.001) different from those in the surrounding seawater and sediments, and that the differences in microbial community composition were mainly and significantly (adonis, p ≤ 0.001) related to the site but not to the type of plastic polymers. The subsequent cluster analysis (Supplementary Figure S5) confirmed that community composition clustered according to the sampling site but not to the polymer type, and that communities from plastic samples separated from those in other environments. This analysis also highlighted that sample AN7 behaved as a peculiar sample, since it grouped together with the NAP samples.
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FIGURE 4. Non-metric MDS (nMDS) ordination of community composition (based on 16S rRNA gene analysis and values of Bray–Curtis dissimilarity) in the different sites and samples investigated. Shape represents different substrate, and color represents the sites. Stress value = 0.1860.


Finally, in order to visually emphasize similarities and differences between samples in large and highly complex datasets, we used a network-based analysis to display and analyse how ASVs were partitioned between samples. Network analysis (Figure 5) strongly corroborated the main results shown previously by the other approaches, and by the description of the shared/unique fractions within communities. In fact, we found here that a partitioning of samples according to the site was evident, and that both Naples and Ancona plastic samples harbored a high number of exclusive ASVs, a pattern also visible, by means of network analysis, at the single sample level.
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FIGURE 5. Network analysis. The visual output of this analysis is a clustering of samples according to their shared ASVs – i.e., samples that share more ASVs cluster closer together. The degree to which samples cluster is based on the number of ASVs shared between samples (when ASVs are found in more than one sample) and this is weighted according to the number of sequences within an ASV. In the network diagram, there are two kinds of “nodes” represented, ASV-nodes (light violet nodes) and sample-nodes (green = AN, orange = NAP samples). If an ASV is found within a sample, the two nodes (sample node and ASV node) are connected with a line (an “edge”). Inner black dots in sample nodes indicate environmental (seawater or sediment) samples. The size of the sample nodes is proportional to their degree of connection, i.e., highly connected sample nodes are bigger than those with fewer connections.




Microbial Indicators of Fecal Pollution and Potential Pathogens in Plastic and Environmental Samples

The analysis of fecal bacteria, as well as other potential pathogens revealed that, in both sites, several sequences identified as belonging to fecal and other potential pathogenic bacteria could be found (Figure 6).
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FIGURE 6. Bar plots of relative abundance (based on the number of reads of 16S rDNA sequences) of sequences belonging to the traditional, and alternative (feces-associated and sewage-associated) fecal indicator bacteria, in the plastic (left panel) and seawater and sediment samples (right panel). Y-axis shows the relative abundance (please, note the difference in scale between the two panels). Taxa listed in the “Materials and Methods” section as indicator bacteria or other potential pathogens not detected in our dataset are not listed in the figure legend.


The microbial fecal signature differed significantly between sites, with higher percentage observed in Naples rather than in Ancona (Kruskal–Wallis, p < 0.01). Even when considering only plastic samples, a significant difference between the two sites was found (Kruskal–Wallis, p < 0.05). Within each site, no significant difference was observed between PE and PP (Kruskal–Wallis, n.s.); however, it must be pointed out that, in Naples, microbial pollutants were often more abundant in PE samples than PP (Figure 6). Similarly to the pattern observed for plastic samples, the fecal signature in seawater was significantly higher in Naples than Ancona, with high relative abundance of microbial pollutants observed in Naples seawater (accounting for up to 14.63 and 49.81% in NAPWAT1 e NAPWAT2, respectively). In Naples, most of the fecal pollution, both on plastic and seawater samples, was attributable to sewage-associated indicators, such as Arcobacter and Acinetobacter, and by feces-associated indicators (Lachnospiraceae and Ruminococcaceae). Conversely, very few sequences belonging to the traditional indicators of fecal pollution were found, mainly constituted by the Enterococcus genus, and small fractions of other potentially pathogenic microbes, such as Staphylococcus spp. and Mycobacterium spp., were found. In plastic samples from this site, the relative abundance of microbial pollutants attached to plastic ranged from a minimum of 0.09% (NAP9) up to 5.07% (NAP12). In Ancona, the level of fecal contamination was considerably lower than in Naples (Figure 6). Within this site, we mainly detected Clostridiaceae and Ruminococcaceae, and the cumulative contribution of all fecal indicators sequences accounted from undetectable (0.0%, i.e., AN1, AN5) up to 0.48% (AN3) of the whole bacterial assemblage on plastic samples. Conversely to what we found in Naples, seawater and sediment samples in Ancona were characterized by almost complete absence of microbial fecal pollutants.




DISCUSSION

In agreement with patterns previously described at the global and Mediterranean levels (Zettler et al., 2013; Oberbeckmann et al., 2014; Bryant et al., 2016; Suaria et al., 2016; Plastics Europe, 2018; Vianello et al., 2018), the majority of the plastic items collected in this study were made of PE and PP polymers. Among the plastic types specifically retrieved in the Adriatic Sea, we found a high number of fragments of mussel nets, a type of debris that is increasingly reported in this basin (Strafella et al., 2015; Pasquini et al., 2016).

SEM analyses indicated that microbial life on plastic samples was mainly prokaryotic and that, consistently with the molecular analyses, only a few eukaryotic organisms (i.e., diatoms) were present. This result differs from previous studies in other oceanic regions, in which diatoms and other eukaryotic organisms were found to be more abundant on plastic debris (Carson et al., 2013; Zettler et al., 2013). The density of prokaryotic cells on our plastic samples is in line with the data reported in a recent study carried out on plastic debris in the Mediterranean Sea (Dussud et al., 2018) and supports the general idea that, for microbes, plastics represents a suitable surface to attach to. However, no significant statistical relationships were found between the type of polymer and prokaryotic abundance, suggesting that the type of plastic polymer is not a strong determinant that regulates microbial abundance. It must be highlighted that the only fragment of polystyrene (PS) in our dataset was the one hosting the highest number of prokaryotes compared to the other plastic items, a finding previously reported by Carson et al. (2013). Despite being not supported by statistical analyses, this result corroborates the hypothesis that PS in the aquatic environment may be easily colonized by higher numbers of microbes, a consideration that deserves further investigations, due to its potential ecological consequences.

Analyses of the diversity and community composition highlighted a major role of the surrounding environment (e.g., seawater, sediment as a likely driving force that shapes the types of microbes found associated with plastics, providing further support to the indications by Carson et al. (2013) in the Eastern North Pacific Gyre, De Tender et al. (2015) in the North Sea, and other authors worldwide (Zettler et al., 2013; Oberbeckmann et al., 2014; Pinto et al., 2019). This evidence was accompanied by the lack of a significant difference in the plastisphere community composition between polymers, acknowledging previous observations by Bryant et al. (2016) and Pinto et al. (2019). Network analysis also confirmed that the sampling site was more important than the type of plastic polymer in shaping the plastisphere, as indicated by the high heterogeneity among and within samples. As pointed out by De Tender et al. (2015), the large variation of prokaryotic community composition on plastics, along with differences from the sediment and seawater counterparts, indicates that plastics may represent a distinct environmental niche. In fact, the environment likely acts as a source of primary (early) colonizers, which depends on the site of origin; however, different stages or dynamics of biofilm formation concur later in shaping the microbial community on plastic surfaces (Lobelle and Cunliffe, 2011; Oberbeckmann et al., 2015; Pinto et al., 2019). The dominance of both typical primary (Gamma- and Alphaproteobacteria) and secondary colonizers (e.g., Bacteroidetes; Dang and Lovell, 2000; Lee et al., 2008; Oberbeckmann et al., 2015), as also reported in biofilm from other marine environments (O’Brien et al., 2015; Patwardhan et al., 2018), led us to hypothesize that biofilms on our samples were not at an early stage of formation. Among the other highly represented taxa in our dataset, we found Actinobacteria and Cyanobacteria. Members of the phylum Actinobacteria have been reported as an abundant component of plastic debris communities (Salta et al., 2013; Pinto et al., 2019), as well as prokaryotic phototrophs, such as Cyanobacteria, which were highly represented on PP and PE items (Zettler et al., 2013).

Regardless of the polymer type, most plastics in our study shared some of the most abundant ASVs, such as those identified as belonging to Pseudoalteromonas and Alteromonas genera, known as major components of the core plastisphere of marine PP and PE (Zettler et al., 2013) and PET debris (Oberbeckmann et al., 2016), respectively. Pseudoalteromonas has also been described as a hydrocarbon-degrading bacterium (Chronopoulou et al., 2015) and, for this reason, our results suggest a possible role of plastic-inhabiting microbes in the degradation of plastic polymers. Dokdonia (Yoon et al., 2005), a genus including strictly aerobic, phototrophic and biofilm-forming marine bacteria, was particularly abundant in Naples samples. Interestingly, this genus was almost completely undetectable in sediments and water samples from both sites, suggesting that the plastic surface offered more advantageous conditions for the survival and growth of this microbe compared to the aquatic environment.

Notably, none of the ASVs was shared by all plastic samples, neither by all PP samples; a single ASV (Sulfitobacter spp.) was common to 100% of PE items. This result further supports the lack of any significant similarity between plastic communities attached to different polymer types, recently reported in a meta-analyses on microbial communities associated with PE microplastics suggesting that, although some similarities among PE samples are detectable, the core PE bacterial community still remains to be established (Oberbeckmann and Labrenz, 2020). Nevertheless, two ASVs, Sulfitobacter and Loktanella, both belonging to the Roseobacter clade, were identified as core ASVs (>75%) in PE and PP samples separately. In PE samples, an ASV identified as Muriicola (ph. Bacteroidetes) was also found. All these bacterial genera have been previously described as well adapted to a surface-associated lifestyle, likely suitable for inhabiting plastic debris (Lee et al., 2008; Jain and Krishnan, 2017). Interestingly, Loktanella has been recently described as one of the most abundant taxa (>5%) on marine PE debris by Pinto et al. (2019). Among the other core taxa, Psychrobacter has been reported in biofilms associated with different marine plastics, such as PP (Zettler et al., 2013) and poly ε-caprolactone (Sekiguchi et al., 2011). Taken together, these results suggest that the above-mentioned genera constitute a likely predictable core group of taxa occupying the niche created by marine plastic debris, even in geographically distinct areas. To the best of our knowledge, this is the first time that Propionibacterium is reported in association with marine plastics. However, since this genus includes biofilm-forming bacteria in non-marine habitats (Holmberg et al., 2009), we speculate that, once in the environment, Propionibacterium could be capable of using plastics as an attachment surface.

The surface of plastics might offer a protective niche and an ideal environment also for pathogenic microbial colonizers (Keswani et al., 2016), acting as a potential dissemination vehicle for the spreading of infectious diseases across the marine environment (Keswani et al., 2016; Quero and Luna, 2017; Silva et al., 2019). Specifically for fecal bacteria, plastics may favor their survival in the aquatic environment, offering protection from predation and sunlight, which strongly drive fecal bacterial decay in the aquatic environments (Wanjugi and Harwood, 2013). Previous studies reported the presence of potential pathogenic bacteria on (micro)plastics in the aquatic environments. Zettler et al. (2013) detected high abundances of Vibrio on PP particles sampled in the North Atlantic, whereas McCormick et al. (2014) demonstrated that microplastics in rivers were a distinct microbial habitat, and represented a novel vector for the downstream transport of unique bacterial assemblages, including pathogens. Also, the authors discussed a potential link between the input of treated wastewater and the occurrence of Campylobacteraceae, being this group of microorganisms associated with human feces and gastrointestinal disorders.

In this study, both plastic samples from Ancona and Naples showed evidences of microbial pollution, although this presence was proportional to the contrasting levels of pollution that characterized the two sites (more pollution in Naples). This finding corroborates the hypothesis of plastics as a potential dissemination vehicle for pathogens. The presence of a sewage discharge close to the sampling area in Naples was indeed reflected by the potential pathogenic signature in seawater, which showed higher abundances of sewage-associated and feces-associated indicators than Ancona samples. The same pathogenic signature was also observed in the plastic items from the same site, indicating that, in highly polluted sites, fecal microbes can easily move from seawater to plastics. It must be also pointed out that, when considering the potential pathogenic signatures alone, we could not find a correlation between polymer type and microbial pollutants, confirming a minor role of the synthetic polymer also in selecting the potential pathogenic community. It is well known that pathogenicity cannot be predictable, and that it may vary sensibly even from one strain to another (Ehrlich et al., 2008); our analysis does not provide any proof of pathogenicity of plastic-associated microbes, but instead highlights the presence of potentially pathogenic bacteria on these substrates, suggesting the need for more detailed investigations. As plastic debris can move quickly and across large spatial distances in the ocean, these findings have important implications from the health-risk perspective, and highlights important, but seldomly discussed consequences for marine plastic pollution.



CONCLUSION

In this study we explored the microbial life associated with different types of marine plastic debris in two geographically separated coastal sites and observed that communities associated with the plastic items significantly differed according to the site of collection, but not to the plastic polymer. Also, plastic communities differed from those living in the surrounding seawater and sediment, suggesting that the plastisphere is unique with respect to the surrounding aquatic environment. We also report that plastic debris can be carriers of fecal bacteria and other potential human pathogens originating from anthropogenic activities, and that the potential pathogenic signature on plastics reflects the level of microbial pollution in the surrounding environment, regardless of the polymer type. We conclude that microbial community composition on plastics is both driven by environmental features and biofilm formation processes, and that a small proportion of taxa are common to the plastisphere living on different polymers. Some of the most abundant taxa found of plastic debris were previously described as hydrocarbon degraders, leading to hypothesize a possible role of these plastic-inhabiting microbes in the substrate degradation. Being studies on the driving factors of microbial diversity on marine plastics still controversial, further investigations will be needed to better understand the magnitude, the factors and the interactions that drive microbial life associated with plastics, and to identify the mechanisms behind microbial colonization.
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