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Compositional and Functional Microbiome Variation Between Tubes of an Intertidal Polychaete and Surrounding Marine Sediment
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The decorator worm Diopatra cuprea, a tube-forming marine polychaete common to intertidal and shallow subtidal waters, modifies habitats it occupies through microreef construction and algal gardening. While several studies have demonstrated that decorator worm tubes are hotspots of biogeochemical activity (i.e., nitrogen and sulfur cycling), it is still largely unclear whether the tube microbiome differs compositionally from the surrounding sediment and what distinct functional processes tube microbiomes may have. To address these unknowns, this study analyzed the bacterial communities of D. cuprea tubes and surrounding sediments using high-throughput 16S rRNA gene amplicon sequencing. Tubes and sediments were sampled at three sites along an anthropogenic stress gradient within the Newport River Estuary to also assess geographic variation of tube microbiomes and the possible influence of human disturbance. We found a clear distinction in the microbial community composition and diversity between tubes and surrounding sediment. Tube microbiomes were significantly enriched for the phyla Bacteriodetes, Actinobacteria, Verrucomicrobia, Deferribacteres, Latescibacteria, and Lentisphaerae. Chloroplast sequences of macroalgae and grass species were consistently abundant in tubes and nearly absent in surrounding sediment. Functional annotation of prokaryotic taxa (FAPROTAX)-based functional predictions suggested that tube microbiomes have higher potentials for aerobic chemoheterotrophy, sulfur compound respiration, nitrate reduction, methylotrophy, and hydrocarbon degradation than surrounding sediments. Tube microbiomes vary across sites, though dissimilarity is comparatively low compared to tube-to-sediment differences. Contrary to our hypothesis, the tubes at the most highly impacted site had the highest microbial diversity [i.e., amplicon sequence variant (ASV) richness and Shannon’s diversity], yet tubes from the medium impacted site actually had the lowest microbial diversity. Our findings show that D. cuprea tubes support a microbiome that is significantly distinct in composition and function from the surrounding sediment. Diopatra cuprea tubes appear to create unique microhabitats that facilitate numerous microbially-mediated biogeochemical processes in the marine benthic environment.
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INTRODUCTION

Advances in sequencing and bioinformatics approaches over the past several decades have fueled the study of the microbiome (Nelson et al., 2015), in the process revolutionizing our collective understanding of microbial influence on host physiology and ecosystem functions. One central concept that has emerged is that of the “holobiont,” the integrated collective of a host organism and all of its associated microbial and multicellular symbionts (Rohwer et al., 2002; Medina-Silva et al., 2018), for the contributions of the microbiome can considerably alter the physiology and ecology of the larger organism. Studies of marine polychaete microbiomes have revealed important dimensions imbued by the microbiomes to their hosts and in their environment, including metal resistance, contaminant degradation, and nutrient cycling (Dubilier et al., 2008; Li et al., 2009; Medina-Silva et al., 2018). But given their sheer diversity, ubiquity, and importance in shallow and pelagic food webs, marine polychaetes remain greatly understudied.

Many marine benthic organisms are ecosystem engineers, creating, maintaining, and modifying the physical and biological structure and heterogeneity of habitats (Gutiérrez et al., 2003; Callaway, 2006; Commito et al., 2008; Santos and Aviz, 2019). Mollusk beds, tubeworms, and reef-building organisms illustrate this role by providing substrata for epibiont attachment (Gutiérrez et al., 2003), solute transport (Hedman et al., 2011), and shelter for other organisms (O’Beirn et al., 2000; Gutiérrez et al., 2003; Kerry and Bellwood, 2012). Tube-building polychaetes create micro-reef structures that enhance the physical dynamics of benthic ecosystems and increase local biodiversity (Bailey-Brock, 1984; Thomsen et al., 2011; Berke, 2012; Santos and Aviz, 2019). They construct tubes by binding particles with biological glues, with some species adding bits of shell, algae, and other debris to build ornamented or decorated tubes (Berke et al., 2006; Santos and Aviz, 2019). Tubes are thought to constitute distinct microenvironments from the surrounding sediments, and they support microbiomes that contribute to microbial processes contributing to functions critical to the host and the marine benthic ecosystem (Medina-Silva et al., 2018; Rincón-Tomás et al., 2020). Characterizing the microbiome of tube-building worms can provide insights into biogeochemical processes between the interface of benthic organisms and surrounding sediments.

Burrowing marine animals, including intertidal polychaetes, are well-recognized contributors to the biogeochemistry of the benthic environment through excavation (mixing old and new sediments), grazing and eating, and excretion (Konhauser et al., 2020). More recently, studies have shown that intertidal polychaetes species host microbial symbionts capable of transformation, degradation, and detoxification. In separate studies, Ophelina sp. were found to have an abundance of metal-resistant bacterial groups (Neave et al., 2012), and the sediment-dwelling Capitella teleta were dominated by genera containing polyaromatic hydrocarbon (PAH)-degrading members (Hochstein et al., 2019), which possibly allow the polychaete hosts to inhabit polluted environments or serve as indicator of pollution. Similarly, the acorn worm Saccoglossus bromophenolosus contains microbial genera involved in sulfur oxidation (King, 2018). While recent studies have begun to shed light on the microbial composition and functions of marine polychaetes, most research to date has primarily focused on the internal symbionts of tube-forming polychaetes. There is substantially more limited information describing the microbiome of the external portion of the worm and how the microbiome of polychaetes differs from the surrounding sediment (Matsui et al., 2004; Medina-Silva et al., 2018). The interface between individuals and the sediment may promote a unique environment for microbial activity in intertidal ecosystems, as seen in cold seeps and coral reefs (Duperron et al., 2009; Röthig et al., 2017; Medina-Silva et al., 2018). Thus, determining the microbiota associated with tube-building worms relative to the surrounding sediment, and exploring how geographic location are linked to microbiome variation, may provide insights into the functional roles polychaetes have in the marine benthic environment.

The onuphid polychaete, Diopatra cuprea (hereafter D. cuprea) is a tube-building worm native and common to the intertidal and shallow subtidal waters of the western Atlantic (Paxton, 1998). The range of D. cuprea extends from Cape Cod, Massachusetts south to the coast of Brazil (Magnum et al., 1968). Diopatra cuprea constructs decorated vertical tubes, which are comprised of several glues. The tubes contain a hook-shaped “tube cap” at the top of the microreef that begins at the sediment surface (Magnum et al., 1968; Myers, 1972). Similar to other tube-forming polychaetes, D. cuprea tubes can influence the biological and physical aspects of benthic habitats and microhabitats by stabilizing sediments (Bailey-Brock, 1984) and promoting bacterial (Phillips and Lovell, 1999; Matsui et al., 2004), meiofaunal (Bell, 1985; Thomsen et al., 2011), and macrofaunal growth (Berke, 2012; Santos and Aviz, 2019). While limited in scope, previous studies found that D. cuprea worm tubes have sulfate reduction (Matsui et al., 2004) and nitrification potential (Mayer et al., 1995). While aspects of the ecological role of D. cuprea tubes are understood, the microbiome composition, diversity, and many of the microbial functions of the tubes have not been studied using modern microbiome approaches.

In this study, we used 16S rRNA gene amplicon sequencing to characterize the microbiome of D. cuprea across three different intertidal sites in the Newport River Estuary of North Carolina, United States. With this dataset, we compared the microbial communities between tubes and the surrounding marine sediment, as well as between sites. We investigated microbial taxa putatively involved in biogeochemical processes within D. cuprea tube tops. Our goals were to (i) determine how the microbial communities of D. cuprea differ from the surrounding sediment; (ii) evaluate how host-associated microbiome communities may vary across a landscape with various levels of anthropogenic influence; and (iii) identify whether host-associated microbial taxa are relevant to previously hypothesized D. cuprea biogeochemical functions.



MATERIALS AND METHODS


Sample Collection

We collected 24 D. cuprea tube samples (Bogue Sound = 8, Duke University Marine Lab = 8, North Bridge = 8; 24 total) and surrounding sediment samples (1 per site; 3 total) from three sites within the Newport River Estuary, North Carolina (NC), United States (Figure 1). Each of the sampling sites has historically been exposed to varying levels of shoreline development and water quality. We ranked the three sites as low (L), medium (M), and high (H) disturbance based on levels of fecal coliform bacterial contamination (a standard water quality parameter for the Department of Environmental Quality; North Carolina Environmental Quality, 2021) and surrounding land development according to Romano (2007). The least disturbed site, Bogue Sound (BG, 34°43'13" N 76°43'49" W), is a suburban shoreline. BG was classified as “L” due to previous studies showing the normal embryonic development of the sea urchin Lytechinus variegatus, indicating low pollution levels in this bay (Wessel et al., 1998; Gross et al., 2003; Romano, 2007). The fecal coliform monthly geometric mean for BG was 3.04 (North Carolina Environmental Quality, 2021). Additionally, BG has a substantially lower density of urban development surrounding the estuary (Romano, 2007). The “M” disturbance site was North Bridge (NB, 34°43'29" N 76°41'19" W), which crosses a 500-m channel from the Port of Morehead City and Calico Creek, a 4 km stretch of oyster habitat. The Morehead City sewage outfall is 4 km to the west of NB (fecal coliform monthly geometric mean = 3.27) and has been associated with human enteric viruses in 40% of eastern oyster (Crassostrea virginica) samples in Calico Creek, which is located near NB (Fong and Lipp, 2005; North Carolina Environmental Quality, 2021). Lastly, the “H” site was Duke University Marine Lab (DU), located on Pivers Island. DU is a university protected system (DU, 34°43'5" N 76°40'16" W) and is about 200 m across the Gallants Channel from Taylor Creek and about 2 km from the Beaufort Sewage Treatment Plant at the east end of Downtown Beaufort (Figure 1). DU also constant boat traffic entering the Beaufort Inlet making it more disturbed than the other two sites with a fecal coliform monthly geometric mean of 3.49 (North Carolina Environmental Quality, 2021). Both DU and NB are permanently closed to shellfish fisheries (North Carolina Environmental Quality, 2021).
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FIGURE 1. (A) Location of study site in Beaufort, NC, United States. (B) Distribution of three sample collection sites with inset of Newport River Estuary, Bogue Sound, and Beaufort Inlet. White circles indicate each of the three sites (Duke University Marine Lab, Bogue Sound, and North Bridge).


To ensure that the samples collected were from inhabited D. cuprea tubes, we collected tube tops from newly rebuilt tubes. Tube tops were clipped with sterilized scissors where the tube met the sediment surface and marked using small metal stake flags. We returned after two subsequent low tides to harvest the newly rebuilt tube tops (n = 8, BG; n = 8, DU; n = 8, NB) by clipping with scissors where the tubes met the sediment surface. Each tube top was cut into five pieces and placed in 2-ml tubes. We collected corresponding sediment samples (one from each site) in separate 2-ml tubes at each location. Immediately after collection, we stored all samples on dry ice in the field and transferred to −80°C upon returning to the lab.



DNA Extraction

We removed the seawater in each sample by centrifuging all samples and pipetting out the excess seawater from each test tube. All sediment and D. cuprea tube top samples prior to the DNA extractions. Microbial DNA was extracted from eight tube tops and one sediment sample from each of the three sites (27 total samples; n = 24 tube tops, n = 3 sediment) using PowerSoil DNA Isolation kit (MoBio Laboratories, Carlsbad, CA, United States) according to manufacturer’s instructions with slight modifications. Before extraction, we placed one of the five pieces of the tube top (instead of 0.25 mg of sample as recommended) in bead beater solution and agitated for 9-min at room temperature. For each sample, we obtained 150 μl of final DNA solution in Tris-EDTA buffer and stored at −20°C. DNA concentrations were quantified using a Qubit 2000 UV fluorometer and a dsDNA HS Assay kit (Thermo Fisher Scientific v 3.0). DNA concentrations obtained from the samples ranged from 5.2–29.9 ng per μl.



16S rRNA Gene Amplicon Sequencing

Samples were sent to the Center for Genomic and Computational Biology at Duke University, Durham, NC, United States where the V3–V4 region of 16S rRNA genes was amplified by PCR using 341f and 785r primers described in Klindworth et al. (2013). Libraries were individually barcoded, pooled in equal proportions, and sequenced using paired-end MiSeq platforms (2 × 300 bp; Illumina Inc., San Diego, CA, United States).



Sequence Processing

Sequences were demultiplexed using CASAVA (Illumina). All downstream sequence processing was performed using the DADA2 version 1.8.0 workflow (Callahan et al., 2016) in R (R Core Team, 2014, version 3.3.3). We chose ribosomal amplicon sequence variants (ASVs) to avoid the errors and limitations associated with operational taxonomic units (OTUs; Callahan et al., 2016). Reads were trimmed on the 5' to remove primer sequences and the 3' to remove low-quality nucleotides. Read pairs were then denoised using a DADA2-generated error model, merged, and de novo chimeras were removed. We obtained between 58,320 and 223,360 paired-end reads per tube sample, with an average of 154,796 paired end reads. We obtained between 62,514 and 168,797 paired-end reads per sediment sample, with an average of 119,499 paired end reads. The final output consisted of the final ASV sequences of 16S rRNA gene reads and an ASV table of the number of reads per ASV per sample (functionally analogous to an “OTU” table). ASVs were assigned using RDPtools and RDP release 11.5 classifiers (Wang et al., 2007) and taxonomy selected against the Greengenes database (version 13.8). The resulting ASV table was used for community analyses. One NB tube sample library failed to yield an adequate number of high-quality reads, and thus was excluded from further analyses (hereafter only seven NB tube samples were used). All sequencing data are available on the NCBI database and are under BioProject PRJNA18430 (Accessions SAMN18529213-SAMN1852239).



Microbial Community Analysis

Alpha and beta diversity analyses were conducted in program R statistical software (R Core Team, 2014, version 3.3.3) using the phyloseq (v 1.24.2; McMurdie and Holmes, 2013) and vegan (v 2.5.2; Oksanen et al., 2015) packages, and community composition analyses were run using the DESeq2 package (v 1.14.1; Love et al., 2014). For alpha and beta diversity analyses, samples were rarified to a depth of 58,000 sequences per sample to avoid biases due to variation in library size across samples and capture a representative portion of the ASV diversity present. Using the rarified dataset, we estimated alpha diversity using ASV richness and the Shannon diversity index (Shannon, 1948). Kruskal-Wallis tests were used to compare Shannon values relative to site for all tube samples. When results were significant (p < 0.05), post hoc comparisons were made using Dunn’s test and Bonferroni correction. To examine community-wide differences in taxonomy and abundance, we used a non-metric multidimensional scaling (NMDS) analysis based on a Bray-Curtis dissimilarity index. Ordinations were performed on rarefied data and analyses of variance using distance matrices using the ADONIS function were run to test for differences between site and sample type (Anderson, 2001). We used DESeq2 on unrarefied data at several different taxonomic levels to test for differential abundances of bacterial taxa and to classify bacterial functions between sample groups.

To further investigate the potential functionality of microbial taxa, we used the functional annotation of prokaryotic taxa database (FAPROTAX) to classify taxa that may be involved in nutrient cycling processes (Louca et al., 2016). FAPROTAX is conservative in assigning function, only doing so if all members of a given taxonomic group have the trait in common.

In order to derive better taxonomic assignments for abundant chloroplast amplicons, ASV sequences were queried for highly similar sequences within NCBI’s database Nucleotide collection (nr/nt) using the megablast algorithm in the BLASTn suite and excluding uncultured sample sequences. All of the sequencing data analyzed in this study can be downloaded from the NCBI’s Sequence Read Archive (SRP #8914202).




RESULTS

The microbial communities of D. cuprea tube tops and surrounding sediment samples were determined through high-throughput amplicon sequencing of the 16S rRNA gene V3 and V4 hypervariable regions. After rarefaction, we detected a total of 28,971 unique ASVs in the dataset. The majority of ASVs had low prevalence across all sediment and tube samples, with 99.6% of ASVs having relative abundances below 0.1%.


Microbiome Diversity

Beta-diversity analyses revealed that tube communities had significantly different compositions from sediment samples. Plotting of NMDS analysis performed on Bray-Curtis community dissimilarities visualizes the distinct clustering of tube and sediment sample types (Figure 2; Supplementary Table S1) and is further supported by ADONIS model, with strong effects of sample type on Bray-Curtis dissimilarities (Sample Type: F
24,1 = 4.0, R2 = 0.14, p = 0.001). Additionally, NMDS analysis indicates clustering by site. Site significantly predicted strong effects on Bray-Curtis distances in multivariate ADONIS models (Site: F
23,2 = 2.8, R2 = 0.19, p = 0.001, Figure 2).
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FIGURE 2. Beta diversity of microbiomes of tubes and sediment samples relative to each sample site. Data presented as a non-metric multidimensional scaling (NMDS) plot based on Bray-Curtis dissimilarity values. Multivariate ADONIS models showed strong effects of sample type on Bray-Curtis dissimilarities (Sample Type: F24,1 = 4.0, R2 = 0.14, p = 0.001) and site (Site: F23,2 = 2.8, R2 = 0.19, p = 0.001) on distinct clustering of Bray-Curtis distances. Ellipses indicate distinct beta diversity of the microbiome between tubes and sediment samples.


The communities from newly constructed tube tops were highly diverse, with richness values ranging from 1,094 to 4,639 ASVs and an average Shannon diversity index (H') of 6.75 (Figure 3; Supplementary Table S2). These diversity values were similar to those of the surrounding sediment communities (1,450–3,800 ASVs; H' = 6.7). We also observed differences in tube microbiome diversity between sites. There was a significant difference in Shannon diversity of tubes between sites (Kruskal-Wallis p = 0.05), while ASV richness was not significant (Kruskal-Wallis p = 0.10). Tested site-to-site, ASV richness, and Shannon diversity were consistently highest for tubes from the DU site. Shannon diversity of DU tubes was significantly higher than NB (post hoc Dunn’s test p = 0.03), and BG tubes were marginally higher than NB (post hoc Dunn’s test p = 0.08).
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FIGURE 3. Dot and box-whisker plots of alpha diversities of sediment and tube samples across all three sites [Duke University Marine Lab (DU), Bogue Sound (BG), and North Bridge (NB)] relative to amplicon sequence variant (ASV) richness (A) and Shannon diversity (B).




Predicted Functional Attributes of Tube Microbiome

Given previous findings that worm tubes have sulfate reduction and nitrification potential (Mayer et al., 1995; Matsui et al., 2004), we aimed to examine the broader range of biogeochemical processes to which the tube microbiome might contribute. Using the curated microbial function database FAPROTAX, we inferred microbial functions of the microbial taxa present in worm tubes. The most abundant functions present at >1% across the dataset were chloroplasts, aerobic chemoheterotrophy, sulfur compound respiration, fermentation, and anoxygenic photoautotrophy (Figure 4; Supplementary Table S3). Less abundant functions (<1 and >0.1%) fell into simple and complex carbon (methylotrophy/methanol oxidation and cellulolysis/hydrocarbon degradation, respectively), sulfur (oxidation/respiration), nitrogen (nitrate/urea), and iron (oxidation) biogeochemical processes.
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FIGURE 4. (A) Distribution of normalized abundances of predicted functions (via FAPROTAX) for sediment and tube microbial samples. (B) Ratio of abundance between tubes and sediments for each inferred functional group determined by FAPROTAX classification.




Microbiome Differential Abundances

Considering the similarity in abundant taxonomic groups between tubes and sediments and between sites, distinct community compositions were likely the result of differences in relative abundances of most abundant taxa, differences at lower taxonomic classifications (e.g., genus-level), and/or presence/absence of rare taxa. ASVs from the worm tube communities primarily belonged to six dominant phyla: Proteobacteria, Cyanobacteria, Bacteroidetes, Actinobacteria, Verrucomicrobia, and Planctomycetes, which accounted for over 80% of sequence reads (Figures 5, 6; Supplementary Table S4). Bacteroidetes (20% + 4.5), Actinobacteria (3% + 1.2), Verrucomicrobia (3% + 1.1), Deferribacteres (0.06% + 0.03), Latescibacteria (0.05% + 0.03), and Lentisphaerae (0.003% + 0.02) were all significantly more abundant in tubes compared to sediment communities (Supplementary Table S5). Only four phyla were differentially abundant between sample sites. The mean relative abundance of Deinococcus-Thermus was higher in BG (0.09% + 0.04) compared to DU (0.01% + 0.01), Firmicutes was more abundant in NB (0.7% + 0.3) compared to DU (0.2% + 0.1), Chloroplasts was more abundant in NB (33% + 12.0) compared to BG (21% + 4.0), and Fusobacteria was higher in BG (0.1% + 0.1) compared to NB (0.04% + 0.05). Between tubes and sediment samples, 48 families were differentially abundant. Within the top 20 most abundant families, Streptophya (1% + 4.0 tube vs. 0.003% + 0.005 sediment), Rhodobacteraceae (11% + 3.0 tube vs. 5% + 1.0 sediment), Granulosicoccaceae (0.8% + 0.6 tube vs. 0.2% + 0.08 sediment), Marinicella (0.4% + 0.7 tube vs. 0.01% + 0.01 sediment), and Rubritaleaceae (1% + 0.4 tube vs. 0.2% + 0.01 sediment) were all significantly more enriched in tubes (Supplementary Table S6). There were 140 ASVs that were differentially abundant between tubes and sediments and 385 ASVs that were differentially abundant between sites (Supplementary Table S7). Most notably, variants belonging to the genera Pseudoruegeria (2% + 1.0), Loktanella (5% + 2.0), Maribacter (3% + 1.0), Granulosicoccus (1% + 1.0), Rubritalea (2% + 1.0), Ilumatobacter (2% + 0.6), Tenacibaculum (1% + 1.0), Winogradskyella (1% + 0.7), and Erythrobacter (1% + 0.6) were all significantly more enriched in tubes compared to sediments by at least 1%.
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FIGURE 5. Relative abundance of microbial classes and phyla for 16S-rRNA amplicon sequence reads from tubes and sediments samples from all three sites (DU; Duke University Marine Lab, BG; Bogue Sound, and NB; North Bridge). Phylum that were >0.1% of the entire dataset were classified into appropriate class or phyla levels, whereas ASVs <0.1% were classified as “remaining taxa.”
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FIGURE 6. Volcano plots of differentially abundant taxa according to DESeq2 results between tubes and sediment at the phylum (A), family (B), genus (C), and ASV (D) level.


Using the same DESeq2 analysis approach used to compare bacterial relative abundances, we examined differential abundances of microbial function in tubes and sediments. We found unique microbial functions that were enriched in tubes compared to surrounding sediments: aerobic chemoheterotrophy (23% + 4.0), dark oxidation of sulfur compounds including dark sulfur/sulfate oxidation (0.8% + 0.6), methylotrophy (0.3% + 0.2), methanol oxidation (0.3% + 0.1), and ureolysis (0.2% + 0.1), in order of overall abundances of >0.1% (Supplementary Table S8). Interestingly, there were several depletions of functions in tubes, particularly for respiration of sulfate/sulfur compounds (6% + 1.0), anoxygenic photoautotrophy/oxidizing of sulfur (2% + 0.8), and phototrophy and photoautotrophy (both 1% + 0.6) – all anaerobic processes.



Chloroplast Identification

Chloroplast sequences were abundant in both tubes and sediments. Several of the most abundant ASVs enriched in tubes were assigned to Cyanobacteria/Chloroplast. Greengenes assignments were primarily Bacillariophyta, with Chlorophyta and Streptophyta in several tube communities. These ASVs were often present, in very high abundance, in the tubes and nearly completely absent in the surrounding sediment. We were interested in identifying particular chloroplast-containing organisms so we queried the ASV sequences against the NCBI nucleotide database since Greengenes classification of chloroplast sequences has limited taxonomic resolution. Many of the abundant chloroplast ASVs previously classified as microalgal by Greengenes were assigned to macroalgae and plants by BLAST – specifically Ectocarpus, Ulva, and a grass species, potentially Spartina spp. (saltmarsh cordgrass is commonly found in the area), or bamboo (Bambusoideae). Ectocarpus is present and abundant in tubes from all sites (up to 18% of the library). Ulva had high abundance in NB tubes (1 NB sample with 31% Ulva), and were present thought inconsistently abundant in tubes at other sites as well. The putative Spartina sp. was only in high abundance in NB tubes, within minimal detection in BG and DU.




DISCUSSION

Prior studies have demonstrated that D. cuprea tubes support a high abundance of varied microbial communities (Phillips and Lovell, 1999) and potential biogeochemical processes involved in decorator worm tubes (Mayer et al., 1995; Phillips and Lovell, 1999). However, the D. cuprea tube microbiome has not been revisited since the development of next generation sequencing. Using amplicon sequencing data, our results provide evidence that D. cuprea tubes host a distinct microbiome compared to the surrounding sediment and potentially contribute to multiple biogeochemical processes in the benthic environment. Furthermore, our results suggest that tube worm microbiome composition and diversity can vary even over small geographical scales within a connected waterbody, potentially due to land use effects, such as point source and non-point source pollution, tidal flows, and coastal development. Since coastal benthic communities are governed by a combination of physical, chemical, and biological processes, understanding the ecophysiology of marine tube-building worms is important in understanding coastal ecosystems.


Distinct Microbiomes of Tubes and Sediment

We found clear evidence that tube and sediment communities are significantly distinct from each other at all taxonomic levels examined. Differentially abundant genera between tubes and sediment (enriched in tubes) included Maribacter, Tenacibaculum, Winogradskyella, Rubritalea, Ilumatobacter, Granulosicoccus, Pseudoruegeria, Erythrobacter, and Loktanella. These bacterial genera found enriched from the tubes indicate that the tubes might be acting as hotspots of biogeochemical activity.

Maribacter, Tenacibaculum, and Winogradskyella are all in the phylum Bacteriodetes. Bacteroidetes are able to degrade particulate matter, such as polymers, peptides, and biological adhesive proteins (Fernandez-Gomez et al., 2013). Thus, Bacteroidetes may be degrading and consuming the biological glues that bind the particles of the tubes or the plant and algal matter incorporated into the tubes. Bacteroidetes have many adaptations to grow attached to organic particles (Fernandez-Gomez et al., 2013), so could be incorporated into tubes through these associations. Maribacter is often associated with the surface of macroalgae and function in the degradation of algal polysaccharides (Bakunina et al., 2012). Maribacter might be enriched since decorator worms utilize algae from the intertidal sediment surface for construction of their tubes.

Maribacter species have the KEGG pathway “nitrogen metabolism,” and the other two genera of Bacteriodetes might also be involved in nitrogen cycling. Tenacibaculum is capable of heterotrophic nitrification-aerobic denitrification and specifically converts nitrite into gaseous Nitrogen (Huang et al., 2020). Interestingly, Winogradskyella contains dentification genes so might be involved in some steps of the dentification pathway (Villemur et al., 2019). Rubritalea, another enriched genus, is known to reduce nitrate to nitrite (Hedlund et al., 2015). Rubritalea is a member of the phylum Verrucomicrobia; marine Verrucomicrobia can also metabolize polysaccharides (Cardman et al., 2014), methane (Lee et al., 2009), and degrade phytodetritus (Gihring et al., 2009). While little information can be found on the genus Ilumatobacter, it belongs to the family Acidmicorbiaceae and Acidmicorbiaceae sp. are known to play a role in oxidation of ammonium in iron reducing conditions (Huang and Jaffe, 2018), further supporting the idea that tube tops are hot spots of biogeochemical activity, specifically nitrogen cycling.

Granulosicoccus, Pseudoruegeria, Erythrobacter, and Loktanella belong to the phylum Proteobacteria. Broadly, Proteobacteria are important in carbon cycling as they are able to metabolize glycolate, one of the most abundant sources of organic carbon in the ocean (Von Borzyskowski et al., 2019). Granulosicoccus have been isolated from seagrass (Kurilenko et al., 2010) and algae (Park et al., 2014). Similarly, Pseudoruegeria is associated with algae. Algae produces dissolved organic matter, oxygen, and sulfur, and the bacteria supplies the algae with the vitamins thiamin, biotin, and cobalamin (Cho et al., 2020). As mentioned before, tube tops contain plant material and algae, so it is not surprising genera associated with algae and sea grasses are enriched in tubes. Erythrobacter has been isolated from coral and might play a role in health of the animal by converting hydrogen sulfide to sulfate (Setiyono et al., 2019). While Erythrobacter metabolizes sulfated carotenoids, Loktanella is known to metabolize dimethylsulfoniopropionate, which can contribute to carbon and sulfur cycling (Curson et al., 2008). Due to these initial findings of enriched genera in tubes, we set out to further explore if the bacterial groups enriched in tubes could more confidently be attributed biogeochemical functions.



Potential Biogeochemical Processes in Tubes

Core microbiota are important for maintaining diversity and composition of the microbial community and play roles in organic and inorganic processes (Mayer et al., 1995; Matsui et al., 2004; Berke et al., 2006). The FAPROTAX analysis revealed significant functional differences between tubes and surrounding sediment. Many of these functions indicate biogeochemical processes involved with the tube structure. The significant enrichment of functions involved with dark oxidation of sulfur/sulfate compounds is in concert with previous studies that showed elevated sulfate-reducing bacteria in D. cuprea tubes (Matsui et al., 2004). As mentioned above, Erythrobacter metabolizes sulfated carotenoids and Loktanella is known to metabolize dimethylsulfoniopropionate for carbon and sulfur cycling (Curson et al., 2008). Other functions included nitrogen and carbon biogeochemical processes. Many of the genera enriched in tubes are known to play a part in nitrogen cycling, such as converting nitrite into gaseous Nitrogen (Huang et al., 2020), dentification (Villemur et al., 2019), reducing nitrate to nitrite (Hedlund et al., 2015), and oxidation of ammonium (Huang and Jaffe, 2018).

Mayer et al. (1995) also found that particular macrofaunal tubes of D. cuprea had higher nitrification potential than sediment. Since sediments are subjected to high levels of disturbance, macrofaunal tubes can provide chemocline niches for microbial growth and increased microbial processes that marine sediments may not provide. D. cuprea tubes have been suggested to disrupt solenoidal eddies and decrease sediment scour, thus enhancing biogeochemical processes (Berke, 2012). The differences observed between the tubes and surrounding sediments likely reflect the differences in physicochemical conditions and composition of the material that the worms incorporate into the constructed tubes as ecosystem engineers (Berke, 2012), as well as the existing microbiome on those materials and the dramatic difference in physical conditions as tube tops are elevated in the tidal flow compared to sediment. The depletion of anaerobic processes in the tube suggests higher oxygen levels outside of the sediment, while enrichment of chemoheterotrophy may align with incorporated seaweed and plant material (Berke et al., 2006) and bioadhesive glue on the tube structure (Myers, 1972). The tube structure is hypothesized to bring oxygen, other dissolved gasses, and water into the surrounding sediment that may be hypoxic/anoxic (Matsui et al., 2004). Furthermore, analysis of the undecorated portion of the D. cuprea tube below the sediment surface by Konhauser et al. (2020) suggests that this area of the tube serves primarily as a physical barrier (potentially from predation) due to the low levels of trace metal reactivity, as compared to other burrowing worms (i.e., Terebellid crispus by Lalonde (2011)).

Decorator worms are known to incorporate shells, algae, and detrital plant material from the intertidal sediment surface (Berke et al., 2006). Instead of examining the composition of incorporated material through morphological analysis via microscopy, we used bioinformatics to compare chloroplast sequences abundant in both tubes and sediments. We found that particular sequences differed between two sample types. Classification using Greengenes database/RDP Classifier assigned most chloroplast sequences to Bacillariophyta (diatom), Chlorophyta (green alga), and Streptophyta (green alga), while the nucleotide BLAST to a larger reference database indicated that many of these chloroplast sequences belonged to macro-organisms, including seaweeds Ectocarpus and Ulva, grasses, and forams. Living in and using detrital material brings its own assemblage of bacteria, which can contribute to the tube microbiome signature. Bacteroidetes and Verrucomicrobia were associated with diatoms (Bruckner et al., 2008), and Latescibacteria are also associated with algae cells (Youssef et al., 2015). More specifically, Granulosicoccus have been isolated from seagrass (Kurilenko et al., 2010) and algae (Park et al., 2014), while Pseudoruegeria supplies algae with thiamin, biotin, and cobalamin (Cho et al., 2020), and Maribacter is found on the surface of macroalgae (Bakunina et al., 2012). Worms have been shown to collect algae and use it as building material to add structure to the tube tops (Berke et al., 2006; Berke, 2012) and may serve as a direct food supply for omnivorous worms (Magnum et al., 1968) or as an indirect food supply when the worm eats the algae-associated meiofuana (Bell and Coen, 1982). Thus, D. cuprea nitrogen excretion is hypothesized to stimulate algae growth (Giannotti and McGlathery, 2001), further strengthening the tube top’s role as a habitat modifier via algal “gardening” (Magnum et al., 1968; Brenchley and Tidball, 1980).



Site-Related Variation

Human-induced disturbance can play a major role in the chemistry and hydrology of coastal environments (De Carlo et al., 2007), which can influence the microbiome communities of marine organisms. Previous studies in marine environments have supported the notion that microbial diversity decreases with increased human-induced disturbance (Cury et al., 2011; Drury et al., 2013; Wegner et al., 2013; Fuirst et al., 2018). The exposure to extrinsic disturbance can break apart certain phylotypes, thus reducing overall microbial diversity. For example, in situ studies on Pacific oysters (Crassotrea gigas) showed that increased stress from disturbance reduced the diversity of naturally occurring microbial assemblages (Wegner et al., 2013). Additionally, herring gulls (Larus argentatus) breeding in highly urbanized environments have shown lower microbial diversity than isolated populations (Fuirst et al., 2018).

While anthropogenic disturbances may lead to decreased microbial diversity in some systems, our results suggest that high-levels of nonpoint source pollutants may increase local bacterial diversity of D. cuprea tubes in benthic ecosystems. Tubes from DU, the site ranked as H, had the highest alpha diversity potentially due to the nearby sewage discharge (Coastal Resources Commission, 2007) and other pollutants present at the site, which can cause spikes in some microbial taxa in marine benthic environments (Shibata et al., 2004). However, it was surprising that NB (ranked M) has a lower Shannon’s diversity and ASV richness than both the DU and BG sites, given the proximity and high impact of nonpoint-source pollutants. We recommend that further research should incorporate more samples and more sites within the Newport River Estuary to disentangle how site-related environmental factors, such as water flow, pH, and nutrient input may cause changes to benthic microbial communities.

While our findings are informative, our limited sample size may cause biased estimates between sample groups that could be improved in further studies. This study provides an informative initial characterization of the D. cuprea tube and sediment microbiome and associated functions; however, due to our limited sample size and scope of the study, we were unable to investigate the assembly mechanisms of tubes and sediment. Future research could use niche/null models to investigate the relative contributions of deterministic and stochastic processes in community assembly, which may provide further insights into the ecology of host-associated microbiomes.
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