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Microbiome Development of Seawater-Incubated Pre-production Plastic Pellets Reveals Distinct and Predictive Community Compositions
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Plastics of various chemistries pollute global water bodies. Toxic chemicals leach with detrimental and often unpredictable impacts on the surrounding ecosystems. We found that seawater leachates of plastic pre-production pellets from 7 recycle categories are acutely toxic to stage II barnacle nauplii; lethal concentration 50 (LC50s) were observed in 24-h leachates from dilutions ranging from 0.007 to 2.1 mg/mL of seawater. Based on previous observations that macro-organismal settlement on fouling management coatings of various toxicities can be used to predict the toxicity of the coating, we hypothesized that interaction of plastic pre-production pellets with emerging microbiomes would exhibit patterns indicative of the chemistry at the pellet surface. We used amplicon sequencing of bacterial 16S ribosomal RNA genes to characterize the microbiomes that developed from 8 through 70 days on pellets exposed to the same flowing ambient seawater. Diversity and composition of the microbiomes colonizing plastic pellets changed over time and varied with plastic type. Microbial taxa belong to taxonomic groups known to consume hydrocarbons, to be prevalent following marine oil spills, or to live on fouling management surfaces. Microbiomes were still distinct between plastic types at Day 70, suggesting that differences in the physicochemical characteristics of the underlying plastics continue to exert variable selection of surface microbial communities. A random forest-based sample classifier correctly predicted 93% of plastic types using microbiome compositions. Surface microbiomes have promise for use in forensically identifying plastic types and potential toxicities.
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INTRODUCTION

Marine plastic pollution is a dire environmental concern throughout the global oceans, with its scale constantly growing (Jambeck et al., 2015; Brandon et al., 2019; Lau et al., 2020). Between the years 2016 and 2040, an estimated 710 million metric tons of plastic are predicted to enter the environment, even if immediate and drastic action from all stakeholders is taken to curb plastic pollution (Lau et al., 2020). While the term “plastic” conjures the sense of a single inert polymer, plastics contain a “diverse chemical cocktail” (Rochman et al., 2019) of hundreds of molecules (e.g., heavy metals, organic pollutants such as polychlorinated biphenyls and polycyclic aromatic hydrocarbons) introduced during manufacturing or adsorbed during use and disposal that leach out of various polymer backbones (Rochman et al., 2013, 2014, 2019; Li et al., 2016a; Andrady, 2017). Further, environmental forces (e.g., oxidation, UV light, physical weathering) can alter the chemistry of additives and increase the rate of leaching (Teuten et al., 2009; Haider and Karlsson, 2000; Suhrhoff and Scholz-Böttcher, 2016; Walker et al., 2021). Due to these processes, plastics are dynamic, with both their surface chemistries and leachate compositions changing over time and generating novel environments. That plastics are chemically active and dynamic underscores the need to understand their interactions and toxicity in the marine environment (Diana et al., 2020).

Plastic debris in marine and freshwater environments provide new surfaces for colonization by microbes and macro-organisms. Sometimes referred to as “the Plastisphere” (Zettler et al., 2013), plastics and the communities that assemble on their surfaces constitute novel ecosystems unique from that of the surrounding seawater and other marine particles (De Tender et al., 2015; Kirstein et al., 2016; Oberbeckmann et al., 2016; Debroas et al., 2017), with limited overlap of microbial taxa between communities on plastic particles and the surrounding seawater (Zettler et al., 2013). With ever-growing plastic pollution in global water bodies and the recalcitrance of plastics whether at the surface, in the water column or on ocean sediments (Arthur et al., 2009; Jahnke et al., 2017; Worm et al., 2017), the plastisphere ecosystems will continue to increase in area in the future.

Microbiomes contain a wealth of information about their environment and other factors governing their diversity and membership. Microbes colonize every exposed surface in aqueous environments to form diverse biofilm communities of bacteria, diatoms, protozoa, and extracellular polymeric substances (Zobell and Allen, 1935; Dobretsov et al., 2009; Hadfield, 2010). Initial attachment, growth, and ultimate structure of biofilms is influenced by numerous factors, including surface chemistry (Baier, 1970; Meyer et al., 1988; Teughels et al., 2006), presence of toxins, toxicants and compounds detrimental to microbial growth (Ostuni et al., 2001), resource availability, environmental conditions, and biotic interactions such as competition and cooperation/cross-feeding (Shikuma and Hadfield, 2005, 2010; Hadfield, 2010). Accordingly, researchers may examine the dissimilarities between microbial community composition on various plastic types (including changes over time) to potentially inform differences in chemistries at the surface.

Starting with one of the first published reports on the microbiomes of marine plastic debris (Zettler et al., 2013), most plastic microbiome studies have been based on plastics collected from the ocean and other water bodies (e.g., Carson et al., 2013; Zettler et al., 2013; Reisser et al., 2014; De Tender et al., 2015; Debroas et al., 2017; Roager and Sonnenschein, 2019; Amaral-Zettler et al., 2020; Bhagwat et al., 2021). While study sampling locations have spanned much of the world’s oceans, including transects of the Atlantic (Zettler et al., 2013) and Pacific Oceans (Carson et al., 2013), the North Sea (De Tender et al., 2015), Baltic Sea (Roager and Sonnenschein, 2019), Mediterranean Sea (Roager and Sonnenschein, 2019), oceans surrounding Australia (Reisser et al., 2014), and a saltwater lake (Bhagwat et al., 2021) among others (see review by Roager and Sonnenschein, 2019), they have all consistently revealed distinct microbiomes from surrounding seawater. Many studies have focused on plastics harvested from surface waters (e.g., Zettler et al., 2013; Debroas et al., 2017), though others examined the microbiomes of plastic found on beaches (e.g., De Tender et al., 2015; Curren and Leong, 2019). Due to buoyancy, debris loading patterns and ocean currents, the representation of plastic recycling categories [e.g., polyethylene (PE), polypropylene (PP), polyethylene terephthalate (PET), polystyrene (PS)] identified varies across studies, though PE is one of the most collected plastics (Roager and Sonnenschein, 2019), consistent with PE being the most commonly produced non-fiber plastic making up 36% of the total (Geyer et al., 2017). The size of the plastics collected varies between studies. Despite the differences between studies, dominant bacterial families are: Flavobacteriaceae, Saprospiraceae, Hyphomonadaceae, Rhodobacteraceae, Erythrobacteraceae, Sphingomonadaceae, Comamonadaceae, Alcanivoracaceae, Pseudoalteromonadaceae, Oceanospirillaceae, and Vibrionaceae (Roager and Sonnenschein, 2019).

Since most studies of plastic microbiomes are on plastic debris collected from water bodies (Carson et al., 2013; Zettler et al., 2013; Reisser et al., 2014; Amaral-Zettler et al., 2020), “life histories” do not exist and thus we do not know about incubation times, initial entry location, and many other factors. Experimental incubations have been conducted but have been limited to tracking plastic colonization over the first few days (Dang et al., 2008) or for one fixed exposure time (Artham et al., 2009; Oberbeckmann et al., 2015). These snapshots miss the temporal aspect of microbiome development in concordance with plastic leaching and weathering. Additional studies are needed to constrain our understanding of microbiome development on various plastic types from initial colonization to later successional stages.

Here, we have used microbiome techniques to test the hypothesis that microbiomes reflect the nature of the plastic on which they are growing and can therefore be used to forensically determine plastic composition. We base this hypothesis upon a Rittschof and Holm (1997) report that macro-fouling communities reflect the chemical nature of the fouling management coating that they have colonized. Rittschof and Holm (1997) demonstrated that a dominant mechanism of antifouling could be predicted by mapping the macrofouling communities on the coatings with unknown mechanisms of action onto coatings with known mechanisms of action. When this was done, “non-toxic foul release coatings” with highly toxic organo-tin catalysts aligned with highly toxic fouling management coatings and explained part of the mechanism of action of the foul release coatings. Similar to antifouling coatings, plastics have distinctive chemical compositions, surface chemistries and release of toxic leachate molecules, all of which are likely to influence the fouling microbial communities.

Here, we use plastic pre-production pellets to test the hypothesis. Plastic pre-production pellets are the starting material for generating macroplastics such as packaging, containers, utensils, and pipes. The pellets have contaminants from processing and generally trade secret additives that include plasticizers, mold release compounds, UV protection, antioxidants etc., that yield products with desired characteristics. Pre-production pellets are distinctly different from other kinds of similarly named microplastics. The best example is polystyrene microspheres, which are engineered particles that are in multiple micron size ranges, contain anti-aggregation chemistries, and are delivered in solutions with preservatives (Yu and Chan, 2020a). Microspheres are small enough to be consumed by larvae and some can enter tissues of larvae (Yu and Chan, 2020b) and fish. In contrast, pre-production pellets are 2–4 mm in all dimensions, are delivered dry (not in preservatives), are too large to be consumed by larvae and are ingested and egested by larger animals without entering tissues (Allen et al., 2017; Diana et al., 2020).

We found that all 7 recycle categories (resin identification codes) of plastic pellets leach molecules that are acutely toxic to barnacle larvae. To assess the relationships between plastic leaching and the surface microbiomes, we examined the development of microbiomes on plastic pre-production pellets incubated in flowing seawater over 70 days. We sampled the microbiomes at 8, 16, 24, 32, and 70 days, and determined their microbiomes using 16S rRNA gene sequencing. We hypothesized that the microbiomes that initially develop on the pre-production pellets would be different because each plastic type has slightly different surface energy and contains different additives and contaminants, yet when pellets cease leaching molecules their microbiomes should become similar. However, we observed that communities remained different throughout the experiment, even after 70 days of exposure.



MATERIALS AND METHODS


Plastic Pre-production Pellets

Pre-production pellets were obtained from Chase Plastic Services (Clarkston, Michigan). The seven recycling categories were: high-density polyethylene (HDPE, translucent), low-density polyethylene (LDPE, translucent), polycarbonate (PC, clear), polypropylene (PP, translucent), polyvinyl chloride (PVC, white), polystyrene (PS, clear), and polyethylene terephthalate (PET, blue). Pellets ranged in size from 2 to 4 mm in at least one dimension. There was no substantial variation in pellets’ surface area-to-volume ratio between recycle categories.



Toxicity of Pre-production Pellets

We determined the concentration of 24-h leachate that results in the 50% mortality (LC50) of stage II nauplii of the striped barnacle Amphibalanus amphitrite, following the methods described in Rittschof et al. (1992). From extensive study of fouling management coatings (Rittschof and Holm, 1997) and work with polydimethylsiloxane (PDMS) networks (Holm et al., 2005; Rittschof et al., 2008, 2011), we know that constituents in the polymers leach out rendering coatings toxic for variable periods of time until the leach rates are too low to detect. In these experiments, we leached known weights of each of the seven recycle types of plastic pre-production pellets in filtered, aged seawater (ASW) for 24 h and tested a series of dilutions (0, 0.001, 0.005, 0.01, 0.1, 1.0 mg/mL) to determine the dose-response relationship of naupliar mortality for each recycle type. We added 16–35 nauplii per 3 mL tube. A custom Basic program for probit analysis was used to calculate LC50 values. Determination of death in nauplii is difficult since the only vital sign is movement. Since healthy nauplii swim continuously, our endpoint dead includes immobile larvae and moribund larvae, those that do not swim continuously because earlier work showed these larvae imminently die (Rittschof et al., 1992). All larvae were transferred from test tube to a Bogorov tray and the number of larvae swimming forward and moribund/dead nauplii counted. Larvae with impaired swimming were considered moribund and counted as dead. The percent mortality was determined at each concentration tested for each plastic type and the ASW-only control.



Seawater Incubation of Plastic Pre-production Pellets

Fourteen glass mason jars were used to expose a known number of each of the 7 recycle types of plastic pre-production pellets (two replicates) to seawater, for 70 days, beginning in August 2017. During the first 12 days of the assay, pellets were in 500 mL seawater with air and water was changed every day; after that time, the mason jars were covered with a fiberglass standard U.S. window screen (18 × 16) to prevent pellets from escaping the jars due to water flow. Jars were exposed to approximately 10 mL per minute flows of the same single-pass sand-filtered ambient seawater until the end of the experiment (Day 70). Over the duration of the experiment, the seawater had an ambient temperature between 28 and 24°C (at 0:00 GMT according to the NOAA station 8656483 Beaufort, Duke Marine Lab, NC) and a salinity between 28.2 and 35.6 PSU (courtesy of Piver’s Island Coastal Observatory).

A 2.5 × 5.5 cm glass vial filled to 3 cm high with pellets from each of the 7 recycle types of plastic pre-production pellets was used as a measure. The number of pellets contained in the 3 cm was counted and multiplied by the number of vials that would be added to each mason jars; the total weight of the pellets to be used in the assay was obtained. Four vials for each of the recycle types of plastic pre-production pellets were added to their respective mason jars except for PET, where only one measure of pellets was added due to insufficient pellets. At each sampling interval (8, 16, 24, 32, and 70 days), pellets were removed and stored at −80°C until DNA extraction.



DNA Extraction

Genomic DNA from incubated plastic pre-production pellet samples was extracted in semi-replicated fashion, in which 5 pellets of each type were processed in a first series and then repeated in a second series. DNA extraction was performed using the DNeasy PowerSoil Kit (Qiagen, Germantown, MD, United States) according to manufacturer’s protocol. In brief, pellets were added to individual PowerBead tubes with flame-sterilized forceps. Samples were incubated in sodium dodecyl sulfate (SDS)-containing buffer to lyse microbial cells, followed by vortexing for 10 min. A series of buffer additions was performed to remove cellular debris, PCR inhibitors and other contaminants. Solutions were transferred to spin columns, where nucleic acids bind to silica matrix through a subsequent wash step. In the final step, DNA was eluted with a Tris-based buffer. Extracted DNA was stored at −80°C until sequencing.



Amplicon Sequencing and Sequence Processing

The bacterial community compositions of plastic microbiomes were characterized by 16S rRNA amplicon sequencing at the Duke Center for Genomic and Computational Biology (Durham, NC). Amplicons spanning the V3–V4 variable regions were generated using the Klindworth primer set (Klindworth et al., 2013; forward primer 5′-TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGCCTACG GGNGGCWGCAG; reverse primer 5′ GTCTCGTGGGCTC GGAGATGTGTATAAGAGACAGGACTACHVGGGTATCTAA TCC) and unique barcodes for multiplex sequencing, following the Illumina 16S Metagenomic Sequencing Library Preparation protocol (Illumina, 2013). PCR reactions were thermocycled as following: 98 °C for 3 min; and 25 cycles at 98 °C for 30 s, 55 °C for 30 s, and 72 °C for 30 s; with a final extension at 72 °C for 5 min. Concentrations of amplicon libraries were accessed using a Qubit dsDNA HS assay kit (Thermo Fisher Scientific, Q32854) and a Promega GloMax plate reader. Libraries were pooled in equimolar amounts prior to sequencing. Sequencing was performed by the Duke Sequencing and Genomic Technologies (SGT) shared resource on an Illumina MiSeq instrument configured for 300 base-pair (bp) paired-end sequencing runs.

Sequences were demultiplexed and assigned to corresponding samples using CASAVA (Illumina). Sequences were processed using USEARCH v9 (Edgar, 2010) as previously described (Ward et al., 2017). Briefly, low-quality sequence ends were trimmed at Phred quality (Q) of 30 using a 10-bp running window. Paired-end reads were merged when reads had a 10 bp overlap or greater with no mismatches, and the resulting merged sequences were then filtered to remove reads with more than 1 expected error or less than 400 nucleotides in length. Singleton sequences were removed before the remaining sequences were assigned to operational taxonomic units (OTU) of 100% pairwise identity (zero-radius OTU; zOTU) using the UNOISE3 denoising algorithm (Edgar, 2017); chimeric sequences were excluded during this step. This process yielded a total of 7,293 zOTUs and 2,843,481 sequences in the dataset.



Microbiome Characterization and Community Analyses

The processed sequence dataset was imported to R v3.6.2 for community diversity analysis using vegan v2.5-6 (Dixon, 2003) and phyloseq v1.30.0 packages (McMurdie and Holmes, 2013). The taxonomies of 16S rRNA gene sequences were classified using the RDP naïve Bayesian classifier using the Greengenes v13.8 database. Prior to alpha diversity comparisons, libraries were sub-sampled to equal rarefaction depths. Richness (number of zOTUs) and Shannon Diversity Index (SDI) was calculated for all samples. Non-metric dimensional scaling (NMDS) on Bray-Curtis dissimilarities was performed to assess and visualize the temporal dynamics of microbial communities from all plastic categories. A cluster dendrogram was constructed based on Bray-Curtis dissimilarity and K-means clustering (k = 4). For family-level dynamics, the 10 most abundant families across the entire dataset were selected. Their relative abundances were used to generate bar plots of averages and standard error bars, faceted by plastic type and experiment day. The sequence of the abundant diatom chloroplast OTU was queried via Nucleotide BLAST (NCBI; National Library of Medicine, 1988). A machine learning sample classifier was performed in QIIME2 using plastic type and experimental day as the separate predictors. Prior to this step, rare OTUs were removed using a cutoff of 0.1% of the mean sample depth (i.e., 42,000 sequences). The QIIME2 “sample-classifier” function was implemented using the Random Forest Classifier estimator with 100 trees grown.




RESULTS


Naupliar Toxicity

Leachates of plastic pre-production pellets from all recycle types were acutely toxic to barnacle nauplii. Increased mortality was observed at nearly all leachate concentrations from every plastic type, except for PP at 0.001 mg/mL. Calculated LC50 values of the various plastic types ranged 150-fold from the equivalent of 2.1 mg of pellet leached for 24 h in 1 mL of seawater for polystyrene (PS) to as low as the equivalent of 0.007 mg of pellet in 1 mL of water for low-density polyethylene (LDPE) (Figure 1).
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FIGURE 1. Percent nauplii mortality after incubation in plastic leachate.




Plastic Microbiome Communities

Over 1,000 OTUs were observed in the libraries from microbial communities established on plastic pellets after the first 8 days (Supplementary Figure 1). Over the 70-day study duration, OTU richness and SDI gradually increased on all plastics tested except for PVC, whose alpha diversity remained lower than other plastics throughout the study. A brief dip in richness and SDI was seen at Day 24 for several plastic types (i.e., HDPE, LDPE, PC, PET, PP) due to dominance of Rhodobacteraceae, but diversity returned to previous levels by Day 32.

Non-metric dimensional scaling (NMDS) of the bacterial community compositions indicated that microbiomes on plastics are dynamic, changing substantially over the experimental period (Figure 2A). Further, the trajectories in ordination space of microbiomes on all plastics are oriented in the same general direction, moving downward on axis 2 and to the right on axis 1 over the study period. The microbiomes on PVC are offset from those of the other plastic recycling categories, indicating substantial differences in community compositions, which is supported by average Bray-Curtis dissimilarity of 88.1% (range of 75.2–96.2%) between PVC and other plastics in time-matched communities (Figure 2B). Sample clustering based on community composition, in which PVC libraries at all-time points form their own cluster (Cluster 4), confirmed the distinctiveness of PVC microbiomes at all-time points. Clustering also revealed for microbiomes of the other plastics, that sampling time is a factor that differentiated communities with clusters forming from communities at Days 8 and 70 (Figure 2B).
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FIGURE 2. (A) Non-metric dimensional scaling (NMDS) plot of all samples (2 replicates of each plastic recycle category-by-timepoint combination) based on community composition at the OTU level. Colors illustrate the different sampling days and shapes represent plastic types. (B) Dendrogram showing similarities between the microbiomes from the 7 plastic types at the 5 time points. Sample naming conventions are the abbreviation of the plastic recycle category, followed by the sampling day and the replicate (A,B). K-means clustering indicates communities fall into 4 primary clusters. Cluster 4 consists of PVC microbiomes at all 5 time points. Cluster 1 and Cluster 3 are made up of the Day 8 and 70 timepoint microbiomes for the 6 non-PVC plastic types. Cluster 2 is made up of the 6 non-PVC plastic types from the Days 16, 24, and 32 sampling time points.


Throughout the study, microbiomes were dominated by Proteobacteria (30–94% of libraries), followed by Bacteroidetes (1–28%, Supplementary Figure 2). At later time points (Days 24, 32, and 70), phyla Planctomycetes and Cyanobacteria (consisting of diatom chloroplasts) become more abundant, though still in lower relative abundances than the two dominant phyla. The PVC communities contrasted with the other plastics due to the absence of Cyanobacteria, Planctomycetes and Actinobacteria at all time points.

While some differences in the microbiomes between plastic types are evident at the phylum level, patterns at the family level are more informative. The ten most abundant families fell into four categories based on their abundance patterns, reflecting their alignment with community successional stages (Figure 3). Flavobacteriaceae and Oceanospirillaceae make up the Early stage colonizers that were found in high relative abundances (12.3–25.7% and 3.2–26.9%, respectively) at Day 8 and their abundances diminished at later times. While Rhodobacteraceae was also found in comparable abundances at Day 8, it continued increasing with longer incubation prior to Day 70. The Mid stage Hyphomonadaceae and HTCC2089 rose in abundance reaching their peaks on Day 16 (7.0–14.1% and 1.8–7.1%, respectively), while Rhodobacteraceae hit its maximum on Day 24 (28.5–79.0%). In the Late stage (Days 32 and 70), Pirellulaceae and Thalassiosiraceae emerge and reach abundances 4.7–18.5% and 10.7–24.9% on non-PVC plastics after not being present at earlier times. While abundant at earlier times, Saprospiraceae reached its highest abundances (2.9–11.7%) on Day 70.
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FIGURE 3. Ten most abundant microbial families at different sampling times. Families have been ordered according to their temporal patterns. Early stage (“Early”) families are most abundant in Day 8. Middle-stage (“Mid”) families are most abundant in Days 16, 24, and 32. Late -stage (“Late”) families are most abundant in Day 70. Miscellaneous (“Misc”) do not have an apparent temporal pattern.


While the majority of the abundant families displayed temporal dynamics, other groups exhibited preference toward or against specific plastic types. Alteromonadaceae was primarily found in PVC microbiomes at 30–40% relative abundances, while mostly being present at lower abundances on other plastics. Families abundant on other plastics were absent on PVC, specifically Oceanospirillaceae, Pirellulaceae, and Thalassiosiraceae. In contrast to the other families, the occurrence of Erythrobacteraceae lacked a clear pattern, as it was sporadically abundant with no apparent preference to plastic type.



Predicting Plastic Type From Microbiome Composition

A sample classifier employing random forests was used to determine if plastic types could be reliably predicted based on the community composition of the samples. The prediction correctly identified plastics with 93% accuracy (13 of 14 samples) (Figure 4). The classifier incorrectly labeled a HDPE sample as LDPE.
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FIGURE 4. Results of machine learning sample classifier, using the microbial community composition to predict the plastic type with 93% accuracy (13 out of 14 samples). Labels with (n = 2) to indicate that the test set consists of 2 samples from each plastic type, while the rest of the samples constitute the training set to train the sample classifier.





DISCUSSION


Plastics Are Not What You Might Think

Plastic pre-production pellets are dynamic platforms that reflect the chemistry of the polymer, additives and contaminants. Though these plastics are not likely to serve as the sole carbon source in coastal ocean waters, all plastics leach a complex array of molecules. For example, in the case of plastic packaging, a comprehensive review by Groh et al. (2019) reported that at least 906 different chemicals from every aspect of production and manufacture are associated with plastic packaging. Although migration of plastic-associated molecules has been modeled into food (Biryol et al., 2017), we are not aware of similar efforts focusing on predicted impacts toward microbiomes or fouling macro-organisms interacting with plastic surfaces.

Pre-production pellets have complex physical and chemical properties. A material’s surface energy (Zisman, 1964; Baier, 1970; Meyer et al., 1988), influences immediate interactions between biology (e.g., biofilms) and the surface (Zisman, 1964; Baier, 1970; Meyer et al., 1988). These immediate interactions can activate spores, alter motility, disrupt bacterial integrity (Burchard et al., 1990) and trap larvae on the surface (Rittschof and Costlow, 1989; Gerhart et al., 1992; Pechenik et al., 1993). However, the general surface phenomena are short-lived and all low-toxicity surfaces, such as glass and silanized surfaces, have similar surface chemistries after 3–5 days (Meyer et al., 1988). Surface roughness and hydrophobicity (wettability) are other factors that may influence microbial settlement on a surface (Rummel et al., 2017). The dynamic leaching and uptake chemistry and surface energy of plastics set the stage for the naupliar toxicity and microbial community development reported here.



Plastics as Dynamic Platforms

When one considers that the microbiome on the surface of a pre-production pellet is living within the no-slip boundary layer, it follows those semi-labile organic compounds, toxicants, metals, and endocrine disruptors (along with the other chemicals mentioned above) are diffusing from the plastic substrate and bathing the microbiome on the pellet surface. Simultaneously, nutrients, salts, organic compounds, and toxins are diffusing from the water column into the boundary layer. Bacterial and algal exudates and metabolic products add to the mix and diffuse into the plastic and into the water column. Thus, the microbiomes on each type of plastic are exposed to chemical fluxes in both directions and to metabolites generated from within their bacterial community. That the microbiomes on the surfaces of various plastic types remain dissimilar at the final time point (though some microbiomes on LDPE, HDPE and PP become more similar to each other), suggests that the processes imbuing plastic surfaces with their physicochemical activities are still active after 70 days of seawater exposure.

If plastics were inert as is commonly reported, the microbiomes on all plastic types should be highly similar. Our intent with this time series incubation was to pin down when all surfaces reached a common state. Given that microbiome compositions did not fully converge within the 70-day period, strongly indicates that the plastics did not reach a common state, instead retaining differences in their underlying polymer chemistries that continue to impact the communities on the surface. In addition to the community-level differences captured by ordination and clustering (Figures 2A,B), the delayed colonization of plastic surfaces by Thalassiosiraceae and Pirellulaceae until Day 32 for non-PVC plastics and never for PVC (Figure 3) underscores the long-term persistence of a substrate effect on microbiome development.



Pristine Plastic Pellet Leachate Is Acutely Toxic to Nauplii

Although Li et al. (2016a) showed that plastic leachates from finished products (e.g., plates, soda bottles) from all seven plastic recycle categories were variably toxic to stage II barnacle nauplii, to our knowledge this is the first study to test acute naupliar toxicity to leachates of plastic pre-production pellets. Seawater leachates of all seven recycle categories of pre-production pellets are acutely toxic to barnacle nauplii. For the least potent plastic, soaking 1 mg of polystyrene plastic in a milliliter of water generates a solution that kills 42% of barnacle larvae in 24 h. For the most potent plastic, the leachate can be diluted to the equivalent of 7.0 μg of plastic leached in seawater and kill half the larvae. As neither the polymer or its monomer leach, toxicity can be ascribed to the 50 + to several hundred compounds that can be detected by high resolution mass spectrometry (Li et al., 2016a), such as unpolymerized labile organic carbon molecules, petrochemical constituents, heavy metals, organometals with steroidal activity, organic environmental steroids, toxicants and flavors, that can elicit a potent biological response (Al-Malack, 2001; Hahladakis et al., 2018; Groh et al., 2019; Diana et al., 2020). Unlike most other products in which compound classes can indicate relative toxicities to various organisms, the plastic recycle category provides little information about biological activity of molecules impacting microorganisms.

It is likely the barnacle larvae we tested died from multiple insults. Barnacle larvae are swimming in and drinking the complex mixtures of molecules leaching out of pellets. Death could be primarily due to surfactants, endocrine disruptors interfering with molting, organometals, or heavy metals. The toxicity assay, though sensitive (Rittschof et al., 1992), cannot discriminate most of these kinds of differences.

At the macrofouling level, surfaces with different surface energies initially show dramatic differences in larval settlement over the first few days (Roberts et al., 1991; Li et al., 2016b). Over a month time interval, macro-organismal communities on relatively inert surfaces like glass are all similar (Holm et al., 1997). However, on surfaces with additional chemical properties such as generation of reactive oxygen species or degradation, communities remain distinct (Gatley-Montross et al., 2017; Seeley et al., 2020).



Plastic Microbiome Differences Do Not Directly Reflect Acute Toxicity to Barnacle Larvae

We found that there was not a clear relation between acute toxicity to barnacle larvae and the microbiomes that colonize pre-production pellets. Mechanisms of acute toxicity vary widely between barnacle larvae and microbes, so a direct correlation is not expected. While naupliar experiments measure toxin-mediated insults on individuals of a population, microbiome studies capture community response to both toxins and consumable nutrients, such as organic carbon. While we found that PVC had a distinct microbiome from the other plastic recycling categories and inhibited abundances of microbial families prevalent in other plastic types, its leachate was the third most acutely toxic, with a LC50 at 0.037 mg/mL—higher than both PC and LDPE at 0.009 mg/mL and 0.007 mg/mL, respectively. Acute nauplii toxicity was tested with pristine plastic pellets. Since plastics are continuously weathered in marine environments, further larval toxicity studies may consider exposing model animals to plastic pellets that have been weathered in the environment or sampled at various time points over the laboratory seawater exposure, which would be consistent with suggestions by Bucci et al. (2019) to extend the ecological relevance of plastic pollution research.



Selection and Succession on Plastic Surfaces

Microbial community composition is shaped in large part by selection of abiotic factors that determine relative fitness differences between taxa (Martiny et al., 2006; Nemergut et al., 2013). In this study, abiotic factors influencing microbial fitness include both nutrients (e.g., labile and semi-labile organic compounds) and inhibitors (e.g., heavy metals, organic toxicants). The observed compositional dissimilarities between microbiomes of various plastic types that developed while incubated in the same seawater and environmental conditions strongly indicate that distinct surface chemistries of the plastic types were responsible for differences in early colonizing communities at Day 8 and persisted to contribute to the differences in mid- and late-stage communities. Strong selection does not preclude contributions of stochastic ecological processes that might maintain community differences after initial environmental selection are relaxed (Nemergut et al., 2013), though priority effects may have limited impact in this experimental setup with flowing seawater allowing for continuous recruitment of microbial taxa from the coastal ocean microbiome (Fukami, 2015).

As has been previously reported by numerous studies, marine plastic microbiomes were substantially different from free-living microbial communities (Ward et al., 2017) or those attached to natural particles (Yung et al., 2016). The plastic microbiomes contained Hyphomonadaceae, Erythrobacteraceae, HTCC2089, and other lower abundance bacterial families at relative abundances not commonly observed in bacterioplankton of Beaufort Inlet (Yung et al., 2016; Ward et al., 2017), the source community from which recruitment of the plastic microbiomes occurs. In contrast, most families we observed here were also observed in other ocean plastic microbiomes (Zettler et al., 2013; Bryant et al., 2016). The low overlap in microbiome membership between plastics and seawater underscores the highly selective nature of community assembly on surfaces of plastic particles.

While most marine plastisphere studies have mostly focused on polyethylene and polypropylene particles more prevalent in surface waters due to their buoyancies, one of the most striking findings of this study was the drastic divergence of PVC microbiomes from the other plastic types. Recent studies have also observed distinct microbial communities on PVC in comparison to LDPE, HDPE, PP and glass slides after 1 week of incubation in the Northern Adriatic (Pinto et al., 2019). The presence of two plasticizers, di(2-ethylhexyl) phthalate (DEHP) and di-isononyl phthalate (DINP), was hypothesized to cause microbial toxicity, yet microbiomes converged by the end of the 2-month incubation period despite plasticizer concentrations remaining stable. In a separate sediment mesocosm study, microbiomes amended with PVC were distinct after 16 days, with inhibition of nitrification and denitrification processes (Seeley et al., 2020). The variable responses across studies illustrate the complexities inherent in studying plastics in the same recycling category but generated at different times, with different starting materials and additives, and tested in different environments (Li et al., 2016b; Diana et al., 2020; Seeley et al., 2020; Zhu et al., 2020).

Few studies to date investigated the progression of marine plastic surfaces over time, yet our study reveals substantial temporal changes in the microbiomes of all plastic types. While microbiome trajectories preserved differences between plastic types, the temporally variable nature of plastic microbiomes highlights how differences in incubation duration complicate comparisons between studies. Microbial community composition, OTU richness and SDI on all non-PVC plastics changed over the study period. The temporal patterns in microbial family relative abundances are suggestive of successional changes, potentially driven by resource availability, competition and toxicity. Early stage communities were dominated by Rhodobacteraceae and Flavobacteriaceae, common marine bacteria that are consumers of ocean DOM (Buchan et al., 2014) and often primary surface colonizers in coastal marine settings (Dang and Lovell, 2000; Dang et al., 2008; Elifantz et al., 2013). At later time points, Rhodobacteraceae constitute larger relative abundances while Hyphomonadaceae and HTCC2089 increase in abundance. In an examination of community assembly on model organic carbon particles, a consistent successional pattern was revealed in which early colonizers were replaced by primary particle degraders and then secondary consumers that may metabolize further degradation or act as cheaters (Datta et al., 2016). Given that many of the abundant families are associated with hydrocarbon degradation and marine oil spills (discussed below), it is a compelling hypothesis that some early- to mid-stage colonizers may contribute to degradation of plastic leachate. Additionally, we must also consider microbial groups’ resistances to toxic leachates and intermediates in hydrocarbon degradation. For example, the appearance of Thalassiosiraceae and Pirellulaceae at Days 32 and 70 may reflect late-stage succession due to microbial habitat primed by earlier community development or alternatively reduced toxicity due to several weeks worth of leaching.

Differences over time of community compositions reflect that the plastic microbiomes undergo colonization and succession. The relative abundances of major families are indicative of the particular stages of succession.



Plastic as a Harbor for Hydrocarbon-Degrading Bacteria

Plastics are manufactured from petroleum, which is primarily comprised of hydrocarbons (Abrajano et al., 2007; Harding et al., 2007). Marine plastic debris has been previously found to be associated with the hydrocarbon-degrading cyanobacteria Phormidium spp. and Pseudoalteromonas, in contrast to the surrounding seawater (Zettler et al., 2013; Debroas et al., 2017). By extracting petroleum from the ocean and then polluting the marine environment with plastic pollution, researchers posit that marine plastics are creating a natural experiment in the oceans (Amaral-Zettler et al., 2020).

Found within bacterial communities from this study are multiple members that are known or potential hydrocarbon degraders. For instance, we identified HTCC2089 on all plastics primarily during mid-stage period. Several Acinetobacter spp., the dominant genus of HTCC2089 in our study, are capable of n-alkane (C10–C20) degradation, catalyzed by alkane hydroxylase encoded by alkM (Head et al., 2006). Isolated representatives of Acinetobacter spp. have been linked to PAH degradation in pure culture, and Acinetobacter has been found to be enriched in soils following petroleum hydrocarbon contamination (Head et al., 2006). Our study also found Oceanospirillaceae spp. on all plastic types primarily as an early colonizer. Oceanospirillaceae spp. are known to become enriched in seawater containing hydrocarbon compounds (Lamendella et al., 2014; Kleindienst et al., 2016). These species induce expression of various alkane degradation genes upon oil exposure, while also possessing other genes for degrading more resistant compounds such as benzene, toluene, ethylbenzene, xylenes, and polycyclic aromatic hydrocarbons (Lamendella et al., 2014). While Rhodobacteraceae are common marine heterotrophic bacteria and frequent biofilm colonizers (Dang and Lovell, 2000; Dang et al., 2008; Elifantz et al., 2013), Rhodobacteraceae have been reported as a potential hydrocarbon-degrading group and were enriched in bacterial communities in the waters surrounding the Deepwater Horizon Oil Spill as well as the Gulf of Mexico beach sands impacted by the spill (Lamendella et al., 2014). We found Rhodobacteraceae on all plastics throughout the entire study period, consistent with Bhagwat et al. (2021). While others have suggested that the microbial communities observed on marine plastics seem more indicative of a general proclivity for surface attachment, the specific enrichment of bacterial clades with hydrocarbon-degrading attributes not typically associated with natural coastal ocean particles in that environment suggest the specific selection of microbiota by the chemical composition of the plastic substratum itself. To test this hypothesis, a follow-up study employing metatranscriptomics and stable isotope probing is warranted to address whether the microbial taxa on plastic surfaces are utilizing leachates and plastic-bound components, or simply using the plastic surface as a physical substrate and consuming dissolved nutrients from the water column.



Microbial Forensics

Given the massive strides in analytical chemistry and high-resolution mass spectrometry, at first glance it is counterintuitive to think about using microbiomes to learn about surfaces and habitats. However, significant obstacles remain in chemical analysis especially of manmade polymer networks (Hahladakis et al., 2018; Groh et al., 2019; Wiesinger et al., 2021). Further, microbiomes and specific taxa within can present high sensitivities to various stressors (Ward et al., 2019). As an example, key taxa that are only enriched on surfaces leaching organo-tins or other highly toxic compounds can provide evidence that cannot be provided by any other means. Using the organotin example, biological impacts are seen at < 10 ng/l (McClellan-Green et al., 2006), well below the limits of detection of analytical devices especially with complex mixtures.

The sample classifier results underscore how distinct the communities on different plastics are, as machine learning can consistently (93%) determine the plastic type the communities were on. We envision development of analytical tools based upon microbes that can be used to determine the mix of pollutants in a harbor or the nature of the molecules leaching out of a coating or plastic food packaging. These societally relevant compounds could be added intentionally by the unknowing manufacturer or might be contaminants in the materials purchased to make the polymers. With the rapid advances in modern sequencing and reporting technology and dramatic reduction in costs, using microbiome approaches might be the next major advance in assessing environmental water quality. The data support our hypothesis that microbiomes can be used to identify plastics. It remains to be seen if microbiomes can be used to identify particular chemicals leaching from plastics.
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