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Ocean warming caused by global climate change influences the function, diversity, and community dynamics of commensal microorganisms, including the hemolymph and the gut microbiota in mussels. However, the microbiota in hard-shelled mussel (Mytilus coruscus) larvae and the effect of temperature on the microbial community structure have yet to be studied. Herein, we investigated the core microbiota of M. coruscus larvae and the impact of acute (4 h) and gradual (4 days) exposure to a rise in seawater temperature from 21 to 25 °C. Eleven core genera were identified in M. coruscus larvae by 16S rDNA gene sequencing: Alteromonas, Brevundimonas, Delftia, Microbacterium, Neptuniibacter, Neptunomonas, Pseudoalteromonas, Rhodococcus, Stenotrophomonas, Tenacibaculum, and Thalassotalea. The microbiota of larvae in the short exposure treatment was similar to the control. However, the abundance of Delftia, Neptunomonas, Pseudoalteromonadaceae, Rhodococcus, and Stenotrophomonas decreased significantly in the long-exposure larvae. In contrast, at the genus level, the abundance of Tenacibaculum increased significantly. Diversity and multivariate analyses confirmed that the microbiota patterns were linked to seawater warming over the long term. Microbiota diversity did not change significantly, regardless of whether the seawater temperature increased quickly or slowly; however, we observed a significant increase in the microbiota species abundance at higher temperatures. Among the altered bacterial genera, Delftia, Neptunomonas, and Rhodococcus function in the degradation of organic compounds; Pseudoalteromonas is closely associated with mussel attachment and metamorphosis, and Tenacibaculum is an opportunistic pathogen that can cause marine mollusk death. The results suggest that marine heat waves caused by climate change may reduce the ability of symbiotic bacteria to degrade environmental toxins, will affect mussel larvae metamorphosis, and increase the abundance of opportunistic pathogens, thereby increasing the risk of disease and death of mussel larvae.
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1 Introduction

Multicellular life originated in a microorganism-dominated environment, and interactions between animals and their microbiomes have markedly influenced animal evolution (Nyholm and Graf, 2012). The most studied microbial community, the animal gut microbiome, performs various vital functions, including immune response stimulation, defense against pathogen colonization, essential nutrient provision, and digestive support (Nyholm and Graf, 2012; McFall-Ngai et al., 2013). Research has shown that the composition of host-microbial communities is dictated chiefly by the phylogeny of the host and their environment. Within an individual host, microbes might be unevenly distributed (Cárdenas et al., 2014; Pantos et al., 2015; Brooks et al., 2016; Carrier and Reitzel, 2018). Moreover, environmental factors can change the microbiota composition, significantly affecting the host’s development, homeostasis, survival, and metabolism (Tremaroli and Bäckhed, 2012; McFall-Ngai et al., 2013).

Recent advances in sequencing technology have enabled the investigation of microbiota from marine invertebrates, such as mollusks, corals, sponges, tunicates, echinoderms, polychaetes, and crustaceans (Gobet et al., 2018; Dubé et al., 2019). Such research has revealed that marine invertebrates are hosts to varied core microbial communities that are phylogenetically different from the microbes in the surrounding aquatic environment, and such microbial associations are often host-specific, irrespective of geography (Moitinho-Silva et al., 2014; Reveillaud et al., 2014; Lokmer et al., 2016a; Zhang et al., 2016; Brener-Raffalli et al., 2018). Several biological factors, such as host physiology and genetics (Jaenike, 2012; Wegner et al., 2013; Amato et al., 2019), host health (Cárdenas et al., 2012; Sweet and Bulling, 2017), diet (Carrier et al., 2018), life stage (Trabal et al., 2012; Lema et al., 2014), host-tissue differentiation (Meisterhans et al., 2016; Høj et al., 2018; Dubé et al., 2019), stressors (e.g., antibiotic stress, infection, temperature, starvation, and translocation) (Green and Barnes, 2010; Wegner et al., 2013; Lokmer and Wegner, 2015; Lokmer et al., 2016a, b), and season (Pierce et al., 2016; Gobet et al., 2018) can also contribute to specific variation in microbial communities or shift the microbiome.

In marine ecosystems, microbial community dynamics, function, and diversity are affected by global climate change (Webster et al., 2007), causing shifts in host-microbe interactions which could result in a shift toward pathogen-dominated microbes rather than beneficial bacteria (Lafferty et al., 2004). Temperature changes can influence the composition of hemolymph and gut microbiomes of many invertebrates (Olafsen et al., 1993; Lokmer and Wegner, 2015; Li et al., 2018), and exceeding a species’ thermal tolerance limit is likely to have specific adverse effects on bivalves (Xiao et al., 2005; Li et al., 2018; Li et al., 2019a, b). For example, adult mussels (M. coruscus and Mytilus galloprovincialis) microbiomes and susceptibility to bacterial infections were modified in response to increased water temperature (Li et al., 2018).

In bivalves, the larval microbiota comprises mainly bacteria acquired from the surrounding seawater, with the prevalence of certain groups of bacteria, such as Vibrionaceae, which are presumed to multiply within the gut (Prieur, 1976), and the larval microbiota might be more susceptible to changes in the environment. However, adult mollusks can retain their core microbial communities by selective digestion and multiplication of the bacteria from surrounding seawater (Kueh and Chan, 1985).

The hard-shelled mussel (M. coruscus) is a commercially important species in the Eastern China Sea, and its range covers the coastal waters of the East Asia temperate zones. Our previous study showed that high water temperatures promoted the growth of opportunistic bacteria, such as Arcobacter and Bacteroides, in the gut of M. coruscus, which suggests increased host susceptibility to pathogens at higher temperatures (Li et al., 2018). In addition, increased temperatures reduced the M. coruscus hemolymph microbiome diversity, which could reduce the bacterial elimination function against Vibrio infection in the hemolymph (Li et al., 2019a). However, the life cycle of M. coruscus comprises planktonic larval and benthic adult phases, and the effects of temperature on the larval microbial community are little understood.

The present study investigated the effect of increasing seawater temperature from the perspective of a short-term increase typical of marine heat waves (Field et al., 2014) on the M. coruscus larval microbiota structure and diversity. 16S rRNA gene sequencing was used to provide insight into the likely effects of global warming on the survival of marine bivalve larvae.




2 Materials and methods



2.1 Biological material

Adult M. coruscus were acquired from Gouqi Island, China (30°72’N, 122°77’E) and transported to the laboratory on the same day. The mussels were cleaned and placed in a 10 L polycarbonate tank filled with seawater filtered through a 1.2 μm pore size acetate-fiber membrane (FSW). The water temperature was maintained at 21°C to reflect the collection site’s average winter temperature. The mussels received a daily mixed diet comprising Isochrysis zhanjiangensis and Platymonas helgolandica.

Mussel spawning was induced using a previously described method (Yang et al., 2008) with modifications. In brief, after overnight storage on ice, mussels were placed in 10 L polycarbonate tanks at 21°C until spawning began, when they were transferred immediately to 2 L beakers containing FSW. Egg and sperm FSW suspensions were collected and mixed gently to achieve fertilization, followed by incubation for 20 min. Excess sperm was washed off with FSW using a 20 μm mesh size nylon plankton net, and the fertilized eggs were incubated in a 2 L beaker with FSW at 18°C. Two days later, the swimming larvae were fed daily with 5×104 cells/mL of I. zhanjiangensis and P. helgolandica and cultured at 21°C.




2.2 Experimental setup and sampling collection

The Institutional Animal Care and Use Committee (IACUC) of Shanghai Ocean University approved the animal handling procedures and experimentation.

Pediveliger larvae (35 days post fertilization, larva at this stage can metamorphose into a juvenile) were randomly and evenly distributed in three randomized triplicate groups. The groups were subjected to three temperature treatments terminating at the same time: the larvae were placed directly in seawater at 25°C for 4 hours group Mc25.S); 4 days at 25°C (group Mc25.L), by raising the water one degree a day; and 21°C as control (group Mc21). Four degrees of warming represents the differential temperature rise predicted for 2100. The global mean temperature will have increased by 3.2–4.6 °C (Rogelj et al., 2016), and the increase in seawater temperature over a short time during marine heat waves (Field et al., 2014).

During the trial, the larvae were fed microalgae as usual. At the end of the experiment, 50 µg of larva were combined into a sample (every treatment group has three replicates), frozen, and stored at  −80 °C for microbiome analysis.




2.3 Extraction of DNA and PCR amplification

According to the manufacturer’s instructions, a FastDNATM Spin Kit for Soil (MP Biomedicals, Santa Anna, CA, USA) was used to extract genomic DNA from the larval samples. The purity and concentration of the DNA were measured on a Nanodrop One instrument (Thermo Fisher Scientific, Waltham, MA, USA). Sterile, filtered (0.2 μm) water was added to standardize the DNA concentration to 5 ng/μl for all samples.

The universal bacterial primers, 338F (5’-ACTCCTACGGGAGGCAGCAG-3’) and 806R (5’-GGACTACHVGGGTWTCTAAT-3’) with a 12 bp barcode (synthesized by Invitrogen, Carlsbad, CA, USA) were used to amplify the bacterial 16S rRNA gene V3-V4 region. The 50 µl PCR reactions comprised 25 μl of 2× Premix Taq (Takara Biotechnology, Dalian, China), one μl of each primer (10 M), three μl of DNA (20 ng/μl) template, and 20 μl of distilled water. The reactions were run on a BioRadS1000 instrument (Bio-Rad, Hercules, CA, USA) with the following thermocycling conditions: initialization for 5 min at 94°C; 30 cycles of 30 s of denaturation at 94°C, 30 s of annealing at 52°C, and 30 s extension at 72°C; followed by a 10 min final elongation at 72°C.




2.4 Illumina HiSeq sequencing

Gel electrophoresis in 1% agarose was used to detect the PCR amplicons. GeneTools (version 4.03.05.0, SynGene, New Delhi, India) was used to assess the density of the PCR bands. The amplicons showing bright leading bands were mixed at equidensity ratios. An EZNA Gel Extraction Kit (Omega Bio-tek, Norcross, GA, USA) was used to purify mixed PCR products. A NEBNext® Ultra™ DNA Library Prep Kit for Illumina® (New England Biolabs, Ipswich, MA, USA) was used to generate the sequencing libraries with index codes according to the manufacturer’s protocol. A Qubit@ 2.0 Fluorometer (Thermo Fisher Scientific) and an Agilent Bioanalyzer 2100 system (Agilent Technologies, Waldbron, Germany) were used to assess the quality of the libraries. The Illumina Hiseq 2500 platform (Illumina Inc., San Diego, CA, USA) was used to sequence the libraries, generating 250 bp paired-end reads. The sequencing was carried out by Guangdong Magigene Biotechnology Co. Ltd (Guangzhou, China).




2.5 Bioinformatics and statistics

The Trimmomatic V0.33 (Bolger et al., 2014) was used to filter the raw paired-end reads to generate high-quality, clean reads. FLASH V1.2.11 (Magoč and Salzberg, 2011) was used to merge the clean reads dependent on the overlap between the paired-end reads. Mothur V1.35.1 (Kozich et al., 2013) used the unique barcodes and primers to assign the sequences to the samples, then, the barcodes and primers were removed to obtain effective clean tags. USEARCH V10 (Edgar, 2010) was used for sequence analysis. Sequences sharing greater than or equal to 97% similarity were assigned to the same operational taxonomic unit (OTU). Each OTU was represented by the most frequently occurring sequence, which was screened and annotated. We used the SILVA (Quast et al., 2013) database to annotate the taxonomic information for each representative sequence (using the default confidence threshold ≥ 0.5). After removing contaminating OTUs, we determined the total number of OTU sequences and the OTU types, respectively. A normalized (subsampled) OTU table was obtained based on the sample with the fewest sequences. Using the OTU table, we calculated the annotation ratio for each classification level to determine the sequence composition of each sample at each classification level. The OTU table was also used to construct a Venn graph, histogram, and heat map displayed using R software (v2.15.3).

The complexity of species diversity in the samples was represented by the Chao1 richness index and Simpson’s and Shannon diversity indices, calculated using QIIME software (v1.9.1) (Bolyen et al., 2019) and displayed using the R software (v2.15.3). The vegan package of R software was used to carry out non-metric multidimensional scaling (NMDS) based on the weighted and unweighted distance matrix. Linear discriminant analysis Effect Size (LEfSe) was used to find the biomarker of each group. The obtained raw sequences were submitted to the NCBI database and received the accession number PRJNA1029461.

GraphPad Prism 9.0 (GraphPad Software, Boston, MA, USA) and one-way ANOVA tests were used to analyze the larval microbiota’s relative abundance and taxonomical composition at the different levels and Alpha Diversity.




2.6 Ethics statement

The Animal Ethics Committee at Shanghai Ocean University approved all the protocols for mussel acclimation and experimentation in the present study (registration number SHOU-DW-2020-032).





3 Results



3.1 Composition of M. coruscus microbiota under different temperature treatments

The 16S rDNA gene sequencing yielded 1,233,013 sequences clustered into 6,830 distinct OTUs (Supplementary Table S1). The larvae hosted 29 unique phyla, 72 classes, and 198 orders of bacteria. The most abundant phylum in the Mc21 group was Proteobacteria (73.1%), followed by Actinobacteria (21.2%), Bacteroidetes (4.5%), and many other unclassified bacteria (1.2%). The most abundant phyla in the Mc25.S group were Proteobacteria (71.0%), Actinobacteria (23.0%), Bacteroidetes (4.6%), and many other unclassified bacteria (1.4%). The most abundant phyla in the Mc25.L group were Proteobacteria (35.7%), Actinobacteria (3.8%), and Bacteroidetes (59.2%), and many other unclassified bacteria (1.2%) (Supplementary Table S2, Supplementary Figure S1).




3.2 M. coruscus larvae microbiota at family’s level

We identified 18 different families with an abundance > 1%, and 235 families with an abundance < 1% were classified as “others” (Figure 1A). Most reads (16.60–31.53% of the OTUs) were obtained from the Mc21 and Mc25.S groups and were assigned to Burkholderiaceae, Nocardiaceae, and Xanthomonadaceae. In contrast, most reads (5.00–54.55% of total OTUs) obtained from the Mc25.L group were assigned to Burkholderiaceae, Flavobacteriaceae, and Rhodobacteraceae (Figure 1A; Supplementary Table S3). The analysis of the relative abundance showed that at the family level, the microbial community structure between the Mc21 and Mc25.S groups was similar but different from the Mc25.L group. The relative abundance of Burkholderiaceae, Nitrincolaceae, Nocardiaceae, and Xanthomonadaceae decreased significantly, and that of Flavobacteriaceae and Rhodobacteraceae increased significantly in the Mc25.L group compared with those in the Mc21 and Mc25.S (P < 0.05) (Figures 1B, C; Supplementary Table S3). Notably, the abundance of Pseudoalteromonadaceae decreased significantly irrespective of whether the larvae were in warmer seawater for 4 hours or 4 days. (P < 0.05) (Figures 1B, C; Supplementary Table S3).




Figure 1 | Relative abundance and taxonomical composition of the larval microbiota at family level. The suffix number in the group names indicate individual replicates. (A) Each bar represents the larval bacterial community associated with individual samples. (B) Heatmap showing the top 30 bacterial families (%). Red signifies higher abundance, and blue signifies lower abundance. (C) Comparison of the relative abundance of the 18 main microbial families between the three groups of larvae. P-values mark significant differences in community diversity between the different treatment groups (one-way ANOVA). *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001.






3.3 M. coruscus larvae microbiota at genera’s level

At the genus level, 21 genera were identified with an abundance > 1%, and 443 genera with an abundance < 1% were classified as “others” (Figure 2A). In the Mc21 and Mc25.S groups, the dominant genera were Alteromonas, Brevundimonas, Delftia, Microbacterium, Neptuniibacter, Neptunomonas, Pseudoalteromonas, Rhodococcus, Stenotrophomonas, Tenacibaculum, and Thalassotalea (average reads per group 1.04–31.40% of the total OTUs) (Figure 2A; Supplementary Table S4). Delftia, Lewinella, Neptuniibacter, Pseudoalteromonas, Rhodococcus, Ruegeria, Stenotrophomonas, Tenacibaculum, Thalassotalea, and Vibrio were the dominant genera in the Mc25.L group (average reads per group 1.09–52.65% of the total OTUs) (Figure 2A; Supplementary Table S4). By comparing the abundance in the different experimental groups, the results showed the similarity of the microbiota between the Mc21 and Mc25.S groups, except for Pseudoalteromonas (P < 0.05) (Figure 2C; Supplementary Table S4). In the Mc25.L group, the larval microbiota had more differences. The abundance of Delftia, Neptunomonas, Pseudoalteromonadaceae, Rhodococcus, and Stenotrophomonas decreased significantly, and Tenacibaculum increased considerably compared with that in the Mc21 and Mc25 groups (P < 0.05) (Figures 2B, C; Supplementary Table S4). These results indicated that rapid warming in a short time does not impact the M. coruscus larval microbial community structure. Conversely, a gradual increase in temperature over four days can change the population levels of certain bacterial species and possibly alter the microbial community composition.




Figure 2 | Relative abundance and taxonomical composition of the larval microbiota at the genus level. The suffix number in the group names indicate individual replicates. (A) Each bar represents the larval bacterial community associated with individual samples. (B) Heatmap showing the top 30 bacterial (%). Red signifies higher abundance, and blue signifies lower abundance. (C) Comparison of relative abundance of 21 main microbial genus between the three groups of larvae. P-values mark significant differences in community diversity between different treatment groups (tested using one-way ANOVA). *p < 0.05, **p < 0.01, ****p < 0.0001.






3.4 Composition and temperature-driven fluctuations of the core digestive microbiota

Based on the Venn diagrams, the core microbial communities, i.e., occurring in all treatment groups, included 145 families and 216 genera, representing 57.31% of the total families and 47.68% of the entire genera (Figure 3). Eighteen families and 21 genera with an abundance > 1% belonged to these core families and genera bacterial communities (Supplementary Tables S3, S4). In contrast, unique bacterial communities had an abundance of < 1% in each treatment group (Supplementary Tables S3, S4).




Figure 3 | Venn diagrams showing the numbers of microbial OTU composition associated with the three temperature treatment groups in family (A) and genus (B) level. Comparisons are described by numbers of shared or unique OTUs in Mc25.S, Mc25.L, and Mc21 groups.






3.5 Diversity patterns of the microbial community

The microbiota richness and evenness were investigated between the control and the temperature treatment groups. There were no significant differences among the treatment groups in the Shannon and Simpson diversity indices (P > 0.05, Figures 4A, B). However, the Chao1 index of the Mc25.L group was significantly higher than that of the Mc25.S and Mc21 (P < 0.05, Figure 4C), indicating that the gradual increase in temperature caused a significant increment in the microbiota species abundance.




Figure 4 | Analysis of microbial diversity. The results of Shannon (A), Simpson (B), and Chao1 (C) indices analysis. Data are presented as the mean ± SE (n = 3). Different low case letters represent significant differences (p < 0.05, one-way ANOVA).



The NMDS analysis was employed as a proxy for temporal stability. It showed that the samples were homogenous in the Mc25.L group, and the larvae microbiota in this group changed compared with the other two groups, which showed some overlap (Figure 5).




Figure 5 | Non-metric multidimensional scaling (NMDS) analysis of the larval bacterial community composition at the OTU-level. Treatment groups are indicated using different colors (Mc21 = red, Mc25.L = green, Mc25.S = blue).



Linear discriminant analysis effect size (LEfSe) analysis was performed to reveal the significant ranking of abundant modules. The linear discriminant analysis (LDA) score and the cladogram showed differences between Mc25.S, Mc25.L, and Mc21 (Figure 6). At the phylum or order level, the biomarkers demonstrating significant differences between the three groups were Caulobacterales in Mc25.S; PB19, Cellvibrionales (genus Halioglobus), Rhodobacterales (genus Litoreibacter and Kiloniella), Caulobacterales (family Hyphomonadaceae), Oceanospirillales (family Alcanivoracaceae), Micavibrionales (family Micavibrionaceae) in Mc25.L; and Alteromonadales (family Pseudoalteromonadaceae and genus Colwellia), Firmicutes (phylum Firmicutes and order Lactobacillales) in Mc21 (Figure 6; Supplementary Table S5).




Figure 6 | Unique biomarker community composition in larvae. (A) A bar chart of the log-transformed LDA scores for bacterial taxa identified using LEfSe analysis. The threshold used to identify significant taxa was as log-transformed LDA score of 2. LEfSe analysis identified 15 taxa (shown). (B) The phylogenetic relationships for the 15 LEfSe-identified bacterial taxa shown in a cladogram.







4 Discussion

Marine invertebrates host diverse core microbial communities, and we show that this is also the case with the hard-shell mussel larva. However, the microbiome is sensitive to a rise in temperature from 21 to 25°C over 4 days, although it is little affected if the rise is only over 4 hours. In the gradual warming group, temperature impacts some Phyla’s abundance and the community’s richness (Chao1 index). Still, it does not affect the diversity richness and evenness (Shannon and Simpson indices). The little impact over 4 hours may reflect that bacterial growth rates may not be sufficient to make a difference in the number of bacteria in the population.

Marine invertebrates generally have complex life cycles with larval stages, and each of these developmental stages owns different microbiotas, although they also share core microbes (Trabal et al., 2012). The microbiome of the M. coruscus pediveliger in the present study was dominated by Proteobacteria, Actinobacteria, and Bacteroidetes. Adult M. coruscus had fewer than 14 dominant phyla (abundance > 1%), while there were 9 dominant phyla in adult M. galloprovincialis (abundance > 1%), suggesting that the microbiota diversity increases with age (Li et al., 2019a, b). This could be because adult mussels are exposed to environmental microbes over a longer time, and that their more complex bodies offer more niches than larvae for bacteria to colonize. However, there were few dominant phyla in adults of yesso scallop (Patinopecten yessoensis) from Northern China (four phyla) (Lu et al., 2017), sponges Stylissa carteri and Xestospongia testudinaria from the Red Sea (three phyla) (Moitinho-Silva et al., 2014), and Chinese mitten crab (Eriocheir sinensis) from East China (four phyla) (Zhang et al., 2016), which could be indicative of a possible role of the genotype (Wegner et al., 2013), condition (Lokmer and Wegner, 2015), and of neutral processes (Nemergut et al., 2013) in shaping the host microbiome. In addition, at lower taxonomic levels, the untreated pediveliger larvae contained eleven main microbial genera, including Alteromonas, Brevundimonas, Delftia, Microbacterium, Neptuniibacter, Neptunomonas, Pseudoalteromonas, Rhodococcus, Stenotrophomonas, Tenacibaculum, and Thalassotalea. Pseudoalteromonas and Tenacibaculum were the dominant genera in adult M. coruscus, suggesting that these are core bacterial genera throughout this mussel’s life cycle.

In marine poikilotherms, it was proposed that temperature is an important factor that shapes microbial communities by affecting the host and their symbiotic bacteria. Higher temperatures promote the growth of better-adapted microbes and compromise the host defense, leading to a rapid increase in opportunistic pathogens (Malham et al., 2009; Lokmer and Wegner, 2015). In oysters, warmer temperatures led to a higher mortality rate when infected with Vibrio sp., and among the dominant microbiota, the genus Arcobacter, a hemolymph-specific symbiont, decreased in abundance (Lokmer and Wegner, 2015). In contrast, infected oysters harbored more pathogen-containing genera, e.g., Photobacterium and Shewanella (Lokmer and Wegner, 2015). Our previous studies on adult M. coruscus revealed a decreasing abundance of hemolymph Arcobacter when reared in warmer water. In contrast, the abundance of gut Bacteroides, an opportunistic pathogen, increased (Li et al., 2007; Patrick et al., 2009; Li et al., 2018; Li et al., 2019a). The present study is consistent with those observations as indicated by an increase in species richness with higher temperature exposure and a simultaneous decrease in the abundance of the dominant bacteria Delftia, Neptunomonas, Pseudoalteromonadaceae, Rhodococcus, and Stenotrophomonas. The abundance of Tenacibaculum also increased significantly, suggesting that warmer temperatures changed the microbiome’s stability towards more pathogen-dominated communities (Erwin et al., 2012; Lokmer and Wegner, 2015).

Several studies have shown that a healthy bacterial community can help stabilize the microbiome, a requirement for animal health (Green and Barnes, 2010; Lozupone et al., 2012; Lokmer and Wegner, 2015; King et al., 2018; Li et al., 2019a). Among the bacteria that decreased in abundance, Delftia spp. often forms biofilms associated with wastewater treatment and river wetlands (Barrionuevo and Vullo, 2012; Wu et al., 2015) and breaks down or transforms a variety of pollutants, such as acetaminophen (De Gusseme et al., 2011), polycyclic aromatic hydrocarbon (PAH) (Wu et al., 2016), chloroaniline (Zhang et al., 2010), and herbicides (Leibeling et al., 2010). Delftia, Neptunomonas, and Rhodococcus are also in seawater and can degrade PAHs and other organic compounds (Hedlund et al., 1999; Larkin et al., 2005). Interestingly, Neptunomonas has been found in dead clams, although there is no evidence that it is a pathogen (Lee et al., 2012). Members of Pseudoalteromonas have versatile metabolic capacities and can be found in multiple marine habitats where they have vital ecological functions (Ivanova et al., 2014). Moreover, some free species in this genus are associated with mussel metamorphosis and attachment, and it was unclear whether the decline in the genus Pseudoalteromonas would affect larval metamorphosis (Yang et al., 2013; Peng et al., 2020, 2020). Tenacibaculum (family Flavobacteriaceae) is a motile genus and an opportunistic pathogen in fish, which causes an ulcerative disease known as tenacibaculosis (Avendaño-Herrera et al., 2006). Tenacibaculum also causes mortality in mollusk species, including adult Pacific oysters (Burioli et al., 2018). The abundance of Tenacibaculum increased significantly with temperature, supporting the idea that warmer waters could affect mussel larvae by accelerating the proliferation of opportunistic pathogens.




5 Conclusion

In summary, the most striking finding of this study is that the symbiotic bacteria seem to have already been established during the larval stage of the mussel life cycle and that increased seawater temperatures alter the proportion of the symbiotic microbiota. This could reduce the ability of symbiotic bacteria to degrade environmental toxins, regulate metamorphosis in mussel larvae, and increase the abundance of opportunistic pathogens, which together are likely to increase the risk of larval death and reduced larval recruitment in the face of a warmer environment.
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