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Expanded polystyrene (EPS), commonly used as floating material in mariculture, could be a significant source of coastal PS waste. Prolonged floating in seawater leads to the formation of dense biofilms, which could disperse into the oceanic environment and spread to water bodies even the seabed as EPS deteriorates into microplastics. To understand the bacterial community structure in EPS surface biofilms, this study employed high-throughput sequencing technology to analyze the biofilms on EPS foams used in offshore mariculture aside Xiamen. Analysis of 24 biofilm samples from different seasons revealed significant differences in bacterial community structures. However, we have identified the core groups of the EPS biofilm, including Flavobacteriaceae, Rhodobacteraceae, Halomonadaceae, Exiguobacteriaceae, Vibrionaceae, and Pseudoalteromonadaceae. The Halomonadaceae and Exiguobacteriaceae are particularly attracted to the subtropical EPS material. In addition, groups with potential of degrading PS were identified, such as Alcanivorax, Pseudomonas, Acinetobacter, Exiguobacterium, Brevundimonas, and Bacillus, as well as the potential fish pathogen Acinetobacter johnsonii. The microbial biofilms formed on floating EPS demonstrate high diversity and are strongly influenced by environmental conditions. This study contributes to a deeper understanding of the interactions of bacteria in the biofilm with widely used and dispersed floating materials in the oceans.
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1 Introduction

EPS foam is widely applied in various aspects of daily life due to its low cost, superior and enduring thermal insulation, unique cushioning and shock resistance, as well as its water resistance and anti-aging properties (Derraik, 2002; Andrady and Neal, 2009; Petrella et al., 2020). In 2022, the global annual production of PS and EPS reached 20,815,600 tons (Plastics Europe, 2023). The use of EPS floating rafts in coastal aquaculture, which are often destroyed by storm or discarded after use, has led to an overflow of foam waste in various marine environments, from coastal areas to the open ocean (Mendoza and Jones, 2015; Bond et al., 2018; Turner, 2020; Isobe and Iwasaki, 2022). Meanwhile, EPS is a carrier for potentially pathogenic human bacteria (PHPB), antibiotic-resistant bacteria (ARB) (Naudet et al., 2023), and other pollutants, including toxic compounds such as polychlorinated biphenyls (PCBs), polybrominated diphenyl ethers (PBDEs), polycyclic aromatic hydrocarbons (PAHs), and organochlorine pesticides (DDTs) (Hirai et al., 2011; Zhang et al., 2015; Wang et al., 2018), are raising new concerns, further threatening marine ecological safety and human health.

In marine environments, the initial bacterial communities forming on the surfaces of plastics are influenced by the properties of the plastics such as hydrophobicity, crystallinity, crystal structure, and roughness (Pompilio et al., 2008) and are primarily dominated by γ-Proteobacteria, α-Proteobacteria, and Bacteroidetes that swiftly colonize the plastic surfaces (Lee et al., 2008; Oberbeckmann et al., 2015). However, as the biofilm matures, the influence of these physical characteristics on the bacterial community composition gradually diminishes (Dussud et al., 2018). As EPS waste remains afloat in seawater over time, diverse and active biofilms are formed on its surface. Our recent studies suggest that biofilm microbes may be involved in the degradation and fragmentation of PS plastics (Lv et al., 2023), secreting a variety of enzymes that participate in the process of plastic biodegradation (Howard and McCarthy, 2023). This indicates that the formation of marine plastic biofilms can have an impact on the fragmentation and biodegradation of marine plastics, and potentially influencing global biogeochemical cycles.

There is currently limited knowledge about the composition of bacterial communities in the biofilms of marine floating EPS waste in subtropical mariculture areas, although it has been reported that environmental factors such as temperature, salinity, and light can affect the composition and function of the microbial communities in the biofilms (Zhi et al., 2023). Subtropical estuaries, which are rich in marine biodiversity and ideal marine farms, offer valuable insights into the diversity composition of biofilms on floating plastic wastes to understand their environmental fate and microbial processes involved. In 2022, we described the bacterial diversity in biofilms formed on the surface of EPS, and it was found that seven bacterial families in the community, including Sphingomonadaceae, Rhodanobacteraceae, Rhizobiaceae, Dermacoccaceae, Rhodocyclaceae, Hyphomicrobiaceae, and Methyloligellaceae, were possibly involved in PS degradation (Liu et al., 2023). In order to further verify their degradation potential, nine genera of degrading bacteria were isolated and confirmed to degrade PS, including Novsphingobium, Gordonia, Stappia, Mesobacillus, Alcanivorax, Flexivirga, Cytobacillus, Thioclava and Thalassospira (Liu et al., 2023), indicating the presence of a large number of EPS-biodegrading bacteria in the subtropical coastal region. Additionally, the subtropics have unique climatic conditions, such as intense ultraviolet radiation, and high marine biodiversity, as well as human activities like mariculture; therefore, how they interact with biological processes to affect the distribution, fragmentation, and degradation of EPS, deserve attention.

Xiamen is characterized by a typical subtropical marine climate and its coastal area is influenced by the input from the Jiulong River estuary and human activities. The Xiamen-Kinmen Sea area has always been a hanging culture area for aquaculture species like oysters, with extensive use of plastic floating materials (Figure 1). To understand the bacterial biodiversity of biofilms on EPS plastic, we collected the pieces plastic foams that had washed up on intertidal zones from April to October 2022 and analyzed the plastisphere community composition to evaluate the role of microbes in biodegradation of the plastic waste, which may influence the environmental fate in site or afloat with current.




Figure 1 | Sampling sites EPS foam plastic debris at Xiamen Island coast.






2 Materials and methods



2.1 Floating plastic items sampling

In this study, EPS foam samples stranded on the beach were collected in April, May, July, and October of 2022. Large pieces of plastic exhibiting visible biofilms were selected (Figure 2), cut into small pieces (approximately 1.5cm × 2cm × 0.5cm), and transferred to 50ml centrifuge tubes. Sterile seawater was added to submerge the foam pieces, and the tubes were then shaken gently for 45 minutes using Vortex-Genie 2. The samples were subsequently centrifuged at 4°C and 7000 r/min for 10 minutes, with the pellets retained for subsequent sequencing experiments. 24 valid samples collected from April to October are described in detail as follows: April (11 samples): Various plastic surface features (pale-yellow a1, golden yellow sponge-like a2, dried film-like a3, pit accumulated with algae and sand a5, foam debris within pits a6, dark flocculent a7, dried algae a8, moist dark a9, sticky bacterial-like a10, orange-yellow a11, and grey adhesions a12); May (3 samples): Plastic surface and worm burrows (sandworm burrows m1-m2 and surface pits m3); July (3 samples): Surface dry, with eroded pits (dried eroded pits j1, dry black flocculent adhesions j2, and red EPS pieces j3); October (7 samples): diversified sampling including green attachments near the surface to worm burrows in the central area (green adhesions near the surface oc1, sandworm burrows near the center oc2, yellow adhesions oc3, surface sandworm burrows oc4, as well as surface features including deep red sunken adhesions oc5, smaller black spot adhesions oc6, and larger black spot adhesions oc7).




Figure 2 | Sample live image. “a” stands for April, from a1 to a3 and a5 to a12, with a total of 11 samples. “m” stands for May, from m1 to m3, a total of three. “j” stands for July, from j1 to j3, a total of three. “oc” stands for October, from oc1 to oc7, a total of seven.






2.2 Sample DNA extraction, PCR amplification, and sequencing library construction

Commercial Power Soil DNA Isolation Kits (MoBio, USA) were used to extract DNA from processed samples according to the manufacturer’s instructions. The concentration and purity of the DNA extractions were checked by 1% agarose gel electrophoresis and a spectrophotometer (Nanodrop, ND-2000, USA), and stored at -80°C before amplification. We performed full-length 16S sequencing on samples collected before May and V3-V4 variable region sequencing on samples collected after July. The reason is that we found both sequencing methods provided useful information for comparing species abundance and diversity levels during May and July.

The extracted DNA served as a template for PCR amplification of the full-length 16S rRNA gene using barcoded primers 27F (5’-AGRGTTYGATYMTGGCTCAG-3’) and 1492R (5’-RGYTACCTTGTTACGACTT-3’) (Weisburg et al., 1991) for the April and May samples. The PCR reaction system comprised 4 μL of 5×FastPfu buffer, 2 μL of 2.5 mM dNTPs, 0.8 μL of forward primer (5 μM), 0.8 μL of reverse primer (5 μM), 0.4 μL of FastPfu polymerase, 0.2 μL of BSA, 10 ng of template DNA, and was adjusted to 20 μL with distilled water. Each sample had three replicates. The amplification program was as follows: an initial denaturation at 95°C for 3 min, followed by 27 cycles of denaturation at 95°C for 30s, annealing at 60°C for 30s, extension at 72°C for 30s, and a final extension at 72°C for 10 min, then held at 4°C (PCR instrument: T100 Thermal Cycler PCR, USA). The PCR products were checked by 2% agarose gel electrophoresis, purified with magnetic beads, and quantified using Qubit 4.0 (Thermo Fisher Scientific, USA). SMRTbell prep kit 3.0 was used for the library construction, which includes DNA damage repair, end repair, and adapter ligation. Sequencing was performed using the PacBio Sequel II System. HiFi reads for subsequent data analysis were generated from the sequenced subreads using SMRT-Link v11.0’s CCS mode.

The extracted DNA served as a template for PCR amplification of the V3-V4 variable regions of the 16S rRNA gene using barcoded primers 338F (5’-ACTCCTACGGGAGGCAGCAG-3’) and 806R (5’-GGACTACHVGGGTWTCTAAT-3’) (Liu et al., 2016) for the July and October samples. The PCR reaction system comprised 4 μL of 5×TransStart FastPfu buffer, 2 μL of 2.5 mM dNTPs, 0.8 μL of forward primer (5 μM), 0.8 μL of reverse primer (5 μM), 0.4 μL of Trans Start FastPfu DNA polymerase, 10 ng of template DNA, and adjusted to 20 μL with distilled water. The amplification program was an initial denaturation at 95°C for 3 minutes, followed by 27 cycles of denaturation at 95°C for 30s, annealing at 55°C for 30s, extension at 72°C for 30s, and a final extension at 72°C for 10 minutes, then held at 4°C (PCR instrument: T100 Thermal Cycler, BIO-RAD, USA). The PCR products were purified using a PCR Clean-Up Kit and quantified using Qubit 4.0 (Thermo Fisher Scientific, USA). NEXTFLEX Rapid DNA-Seq Kit was used to construct the library, which includes steps like adapter ligation, bead-based size selection to remove adapter dimers, PCR amplification for library enrichment, and bead-based purification to recover the final library. Sequencing was conducted on the Illumina Miseq platform.




2.3 Sequencing data analysis

For the April and May samples, data for each sample was differentiated based on Barcode sequences, length-filtered, and orientation-corrected to retain bacterial sequences of 1000-1800 bp. Using UPARSE (Edgar, 2013) (http://drive5.com/uparse/, version 11), sequences were clustered into OTUs at 97% similarity and chimeras were removed. To minimize the effect of sequencing depth on subsequent alpha and beta diversity analysis, all sample sequences were normalized to 2287, with the average sequence coverage (Good’s coverage) 96.64%. OTUs were taxonomically annotated using the RDP classifier (Wang et al., 2007) (http://rdp.cme.msu.edu/, version 11.5) against the Silva 16S rRNA gene database (v138) with a confidence threshold of 70%, and the community composition of each sample was tallied at different taxonomic levels.

For the July and October samples, raw paired-end sequencing sequences were quality-controlled using fastp (Chen et al., 2018) (https://github.com/OpenGene/fastp, version 0.19.6) and merged using FLASH (Magoč and Salzberg, 2011) (http://www.cbcb.umd.edu/software/flash, version 1.2.11). Post-quality control and assembly, optimized sequences were denoised using the DADA2 plugin in the Qiime2 workflow. Sequences after DADA2 denoising are known as ASVs (Amplicon Sequence Variants). Similar to the April and May samples, sequences were normalized to 2287 to mitigate sequencing depth effects on further diversity analyses, reaching an average sequence coverage of 96.82%. The blast classifier in Qiime2 was used to perform taxonomic analysis of ASVs based on the Silva 16S rRNA gene database (v138).




2.4 Statistical analysis

The Alpha diversity indices such as Chao 1 and Shannon index were calculated using mothur (Schloss et al., 2009) software (http://www.mothur.org/wiki/Calculators), and rarefaction curves were also constructed using R language tools. Further, Principal Coordinates Analysis (PCoA) and Non-metric Multidimensional Scaling (NMDS) analysis based on the Bray-Curtis algorithm, and Hierarchical clustering analysis using the average linkage method was performed on all samples to examine the similarity of microbial community structures. ANOSIM was used to test if the differences in microbial community structures between sample groups were significant. Additionally, community bar charts, pie charts, Venn diagrams, and heatmaps were plotted using R language (version 3.3.1).




2.5 Data availability

The sequences of this study were submitted to the China National Center for Bioinformation (CNCB) Genomics Database (GSA), with the database accession numbers CRA013490 and CRA013487.





3 Results



3.1 The diversity of bacterial community on EPS biofilm

Sobs rarefaction curves were used to assess the sequencing data. Although the sobs curves were not parallel to the x-axis, they began to plateau (Supplementary Figure 1), indicating that the amount of sequencing data was reasonable and that increasing the data volume would only yield a few additional species.

The richness index (Chao/Ace), diversity index (Shannon/Simpson), and sequencing depth index (Good’s coverage) of the samples are shown in Table 1. They demonstrated the changes in bacterial community diversity within the EPS biofilms across different months. Using the Simpson and Chao1 indices as measures of diversity, we found that the average Simpson index values for the samples from April, May, and October were 0.04, 0.05, and 0.04 respectively, indicating no significant differences in bacterial community diversity between these months. Similarly, the average Chao1 index values also showed consistency, being 320, 351, and 350 for the same months, further confirming the similarity in the bacterial communities in the EPS of these three periods. In contrast, the July samples had a significantly higher average Simpson index value (0.13) than those of April, May, and October, while their average Chao1 index value (184) was lower than those of the aforementioned months, suggesting a lower richness of bacterial communities within the biofilms in July. These results reflect the trends in the variability of the bacterial communities in the EPS biofilms under different environmental conditions throughout the months. The average coverage of all samples in the four groups was over 94.62%, indicating that the sequencing depth of this study covered the microbial composition in the environmental samples sufficiently. Specially, the top three samples with the highest bacterial richness and diversity indices are all sandworm burrow samples (oc4, m1, and m2). This indicates that the surface samples have lower bacterial richness and diversity compared to the sandworm burrow samples.


Table 1 | α-diversity index of the samples.



The microbial community composition of EPS samples collected for four months was analyzed for β-diversity to explore the similarities and differences. The results of Hierarchical clustering analysis (Figure 3A) showed that the sandworm burrow samples (m1, m2, oc2 and oc4) in May and October clustered together, while samples from April and July separated respectively, indicating notable differences in bacterial community composition in EPS biofilms among different months, while microbial compositions of sandworm burrow samples were similar across months. Similar results were observed in PCoA (Figure 3B) and NMDS analyses (R=0.9065, P=0.001) (Figure 3C) based on Bray-Curtis, which reflect the degree of differences among samples through the distances between points. The PCoA and NMDS plots revealed no overlap between April samples and others, with close distances within April samples, while July samples were further apart from samples of other months. The samples from October and May overlapped, with sandworm burrow samples (oc2 and oc4) showing the closest resemblance to May samples. ANOSIM results (Figure 3D) confirmed significant differences in bacterial community structures among different months (R=0.9065, P=0.001), with the largest within-group variation observed in May and the smallest in April. A Venn diagram (Figure 3E) showed nearly half of the genera were shared in the sandworm burrow samples of May and October (133 genera, accounting for 47.67%), suggesting that sampling time had a minimal impact on the microbial community composition of sandworm burrows.




Figure 3 | Beta diversity (A–C) and Analysis of similarities (D) at genus level of bacteria at EPS biofilms of April, May, July and October, and Venn diagram in genus level of clamworm channel samples (E). (A) The length between branches represents the distance between samples, and different colors represent different parts. (B, C) X-axis and Y-axis represent the two selected spindles, and percentage represents the value of the explanation degree of the spindles to the difference in the composition of bacteria in different parts. The scale of X axis and Y axis is relative distance, which has no practical significance. Each point represents a sample, and points of the same color come from the same group. (D) The corresponding box Between represents the distance value of the difference between the groups, and the remaining boxes represent the difference distance value within the group; The Y-axis scale indicates the magnitude of the distance value.






3.2 Bacterial community composition of EPS biofilms

Bacterial taxa from all samples were identified, belonging to 44 phyla, 125 classes. Bacterial phyla with an abundance greater than 5% in all samples are illustrated in Figure 4A, mainly including Proteobacteria, Bacteroidota, Actinobacteriota, Firmicutes, and Cyanobacteria, which are commonly reported as dominant bacterial groups colonizing plastic surfaces. Within the communities, the phylum Proteobacteria attained a notable average abundance of 46.02%, emerging as a significantly dominant group with respective average relative abundances of 65.11%, 50.27%, 44.49%, and 38.53% during the months of May, October, July, and April. Following closely was the phylum Bacteroidota, which on average occupied 18.84% of the total sample abundances. Notably, its presence reached a peak frequency of 32.95% in the April sample set, markedly surpassing other months (ranging from 4.45% to 8.72%), thereby revealing its distinctive distribution pattern. In comparison with other leading phyla, Actinobacteriota sustained an average relative abundance of 7.09% across all samples. Data points in July (12.66%), April (8.17%), October (5.48%), and May (1.31%) further disclosed the temporal relative distribution trends of this taxa. Moreover, Firmicutes exhibited a substantial relative abundance of 26.22% in July samples, and Cyanobacteria accentuated their presence with a proportion of 15.49% in the October samples. The relative abundances of both phyla plummeted to nearly zero in other monthly samples, highlighting their variable abundances across different time frames. Other phyla had lower relative abundance across samples.




Figure 4 | The dominant species of bacteria in EPS biofilms at phylum (A), family (B) and genus (C) level. (A, B) The horizontal coordinate is the sample name, the vertical coordinate is the proportion of species in the sample, the different colors of the column represent different species, and the length of the column represents the size of the proportion of the species. (C) The horizontal coordinate is the sample name, and the vertical coordinate is the species name. The variation of the abundance of different species in the sample is shown through the color gradient of the color block. The value represented by the color gradient is shown on the downside of the figure.



At the family level, bacterial community composition was analyzed, focusing on taxa that exhibited a relative abundance of more than 10% in at least one sample. As shown in Figure 4B, Flavobacteriaceae, Sphingomonadaceae, Rhodobacteraceae, Ilumatobacteraceae, Terasakiellaceae, Oxalobacteraceae, Halomonadaceae, and EC94 were the dominant families in April. Their respective average relative abundances were 35.03%, 8.91%, 8.78%, 3.95%, 2.96%, 2.49%, 2.36%, and 1.29%, with Flavobacteriaceae being notably dominant in the April samples. In May (Figure 4B), the community structure shifted, with the principal families being Vibrionaceae, Halomonadaceae, Pseudoalteromonadaceae, and Rhodobacteraceae, having average relative abundances of 22.47%, 4.44%, 1.76%, and 1.90% respectively. In this instance, Vibrionaceae emerged as the dominant family in the May sample group. The July samples (Figure 4B) showed a prevalence of Exiguobacteraceae, Marinomonadaceae, Micrococcaceae, and Moraxellaceae, with respective average relative abundances of 26.39%, 16.35%, 9.00%, and 4.57%. Throughout this month, Exiguobacteraceae stood out as the most widespread family. In the October EPS samples (Figure 4B), the bacterial community was primarily composed of Rhodobacteraceae, Alcanivoracaceae, Microcystaceae, Pseudoalteromonadaceae, and Flavobacteriaceae, with respective average relative abundances of 18.81%, 5.04%, 5.95%, 2.57%, and 3.40%. Rhodobacteraceae were identified as the leading family. Notably, Flavobacteriaceae, Rhodobacteraceae, Halomonadaceae, and Pseudoalteromonadaceae were consistently present in the sample groups across several months. Specifically, Flavobacteriaceae were detected in the April and October samples; Rhodobacteraceae recurred in the April, May, and October sample groups; Halomonadaceae appeared in both April and May; Pseudoalteromonadaceae were observed in the May and October samples. We classified these recurring groups as core groups in this study, signifying their importance and stability.

At the genus level, the dominant members in each mouth group were indicated by the top 10 abundant taxa were shown in Figure 4C. Different seasons possess various dominant members. As the Beta diversity described in Figure 3. (A, B, C), the bacterial composition was similar within a sampling group in general. For example, in April, all 11 samples contained bacterial communities with the dominant genera in common, including Tenacibaculum, Sva0996 marine group, unclassified Rhodobacteraceae, Erythrobacter, Altererythrobacter, Ilumatobacter, and Ruegeria, with exceptions of unclassified Terasakiellaceae and Massilia that dominated in sample a12, and Halomonas in a10 in addition to the most predominant member Tenacibaculum that dominated nearly all the 11 samples of April. However, Tenacibaculum was not predominant in other samples of May to October. In May, the samples showed unique bacterial commotions compared to April, but much resembled to samples in October. The dominant genera at the genus level in two samples of May (m1 and m2) were Roseovarius, an unclassified Rhodobacteraceae, an unclassified Cyclobacteriaceae, Woeseia, and Nitrospira, while the genera in sample m3 were different, which absolutely dominated by Vibrio, Pseudoalteromonas, Cobetia, and Halomonas. Among them, Vibrio shared as the most predominant member of the two samples (m1 and m3), while Rugeria occurred in all May samples. In addition, the unclassified Rhodobacteraceae occurred commonly as in April and Oct. In July samples the dominant genera were noted for Marinomonas, Exiguobacterium, Deniococcus and Pseudarthrobacter in addition to Massilia, Pseudoalteromonas, Acinetobacter. The first two alternatively dominated the July bacterial communities, while Deniococcus and Pseudarthrobacter occurred in all July samples as a sub-dominant member. Deniococcus, Exiguobacterium, and Pseudarthrobacter all belonged to Terrabacteria group. In October samples, the unclassified Rhodobacteraceae, Ruegeria, Pseudoalteromonas and Vibrio reoccurred as one of the dominant members in most samples. In addition, some unique bacteria occurred such as Alcanivorax and Bacillus occurred in all October samples. Moreover, Phormidium of Oscillatoriaceae, Tumebacillus of Alicyclobacillaceae, and Nautella of Roseobacteraceae were also present in some October samples. Additionally, a N2-fixing cyanobacterial phylotype named UCYN-C, previously detected in tropical Atlantic Ocean at a water depth (200 m) of high salinity, low temperature, and nutrients, was dominant in our two samples.




3.3 Statistical analysis of bacterial residents common on different EPS biofilms

Venn diagrams and pie charts showed shared genera over four months (Figure 5), and the common colonizing taxa on the EPS surface were 47, which account for 12.08% of the total relative abundance of species of genus (Figure 5A). In the Pie chart (Figure 5B), the main taxa were Vibrio (11.6%), Exiguobacterium (10.34%), unclassified Rhodobacteraceae (8.87%), Erythrobacter (5.85%), Sva0996 marine group (5.41%), Altererythrobacter (4.48%), Pseudoalteromonas (4.29%), Ilumatobacter (4.07%), Bacillus (4.00%), and Roseovarius (3.98%), others with less than 2% abundance were combined. Utilizing the Kruskal-Wallis H test combined with the false discovery rate (FDR) method for adjusting P-values for multiple comparisons, we further assessed the significant differences among common colonizing taxa on the EPS surface across sample groups from different months (Figure 5C). Confidence intervals were calculated using the “Tukey-Kramer” method at a 95% confidence level. The differences in average relative abundance of common bacterial groups across sample groups from different months were calculated. In the July samples, the relative abundance of Exiguobacterium and Acinetobacter was significantly higher than in other months. Vibrio and Roseovarius had a notably higher relative abundance in the May samples than in other months. The Sva0996 marine group, Altererythrobacter, Ilumatobacter, and norank Rhizobiaceae were more abundant in the April samples compared to other months. Similar to the results shown in Figure 4C, unclassified Rhodobacteraceae had a significantly lower relative abundance in the July samples compared to other months. Pseudoalteromonas, Erythrobacter, Bacillus, Nitrospira, unclassified Sphingomonadaceae, Methyloceanibacter, and Pleurocapsa did not show significant differences in relative abundance among the four monthly samples.




Figure 5 | Venn diagram (A) of bacteria at sample of April, May, July and October, long term colonization microbial community pie plot (B) and bar plot (C) at the level of genus. (A) Different colors represent different groups, overlapping numbers represent the number of species common to multiple groups, and non-overlapping numbers represent the number of species unique to the corresponding group. (B) The distribution of common genus in different groups. Different colors represent different genus. Pie area represents the percentage of the number of genus in the total genus. (C) The difference in average relative abundance of the same species between different groups, and whether the difference is significant (P-value, asterisk means significant difference) are marked. *: P<0.05; **: P<0.01; ***: P<0.001.







4 Discussion

Plastic debris provides a unique ecological niche for microorganisms in the ocean, demonstrating the potential to select and colonize different microbial communities (Zettler et al., 2013; De Tender et al., 2015; Bryant et al., 2016). A comparison of the community structures of environmental EPS biofilms found significant differences(P<0.001) among the four-month sample groups, especially the community structures of the July samples, which showed the most significant differences compared to others. Probably, temperature is one of the key environment factors affecting the microbial community structure of the biofilms in this study. The average temperature range for April, May, July, and October 2022 is 17-26°C, 19-25°C, 25-34°C, and 21-29°C, respectively, with the average temperature in Xiamen in July being significantly higher than other months (Xie, 2023)(Supplementary Figure 2). However, the microbial community structure of inside EPS of worm burrows, isolated from the external environment, is not easily affected by external environments, as evidenced by the stability of the microbial community structures of worm tunnel samples collected in May and October (Figure 3).

The dominant bacterial groups in the EPS biofilms of this study included Flavobacteriaceae, Rhodobacteraceae, Halomonadaceae, Exiguobacteriaceae, Vibrionaceae, and Pseudoalteromonadaceae (Figure 4B). The survey found that Flavobacteriaceae, Rhodobacteraceae, Vibrionaceae, and Pseudoalteromonadaceae also appeared as core groups on PS biofilms in temperate, subtropical, and tropical areas in other studies (Oberbeckmann et al., 2017; Frère et al., 2018; Kesy et al., 2019; Kumar et al., 2021; Tu et al., 2021; Xie et al., 2021; Zhang et al., 2022), while Halomonadaceae and Exiguobacteriaceae were particularly attracted to the subtropical EPS debris in this study (Figure 4B). Studies have shown that the presence of Rhodobacteraceae is associated with hard surface substrates for attachment, whether on PS plastic or glass surfaces, Rhodobacteraceae are the primary colonizers (Hoellein et al., 2014; Oberbeckmann et al., 2016). In this study, predominant members of Flavobacteriaceae such as Tenacibaculum and members of Pseudoalteromonadaceae such as Pseudoalteromonas have shown the ability to adhere to plastics and form biofilms (Egan et al., 2002; Nowlan et al., 2020; Hansen et al., 2021; Nowlan et al., 2021). Members of the Vibrionaceae, particularly Vibrio, are commonly found in plastic biofilm communities in marine environments (Xie et al., 2021; Zhang et al., 2022) and can form stable biofilms on plastic surfaces (Hansen et al., 2021). The formation of biofilms contributes to the biodegradation of plastics (Mor and Sivan, 2008), but no PS-degrading bacteria have been found. Halomonadaceae, the largest halophilic family, could degrade organic pollutants such as crude oil (Hassanshahian et al., 2012) and phenol (Bonfá et al., 2013), recently we found Halomonas titanicae can degrade PS and lead to microplastic and nanoplastic generation (Lv et al., 2024). Exiguobacteriaceae includes PS-degrading groups, with members such as Exiguobacterium undae DR14 and Exiguobacterium sibiricum DR11 identified as being capable of degrading PS (Chauhan et al., 2018). Consistently, a PS-degrading bacterium Exiguobacterium sp. YT2 was isolated from the terrestrial gut of the EPS-chewing, which removed PS mass by 7.4% in 60 days (Yang et al., 2015). Therefore, Halomonadaceae and Exiguobacteriaceae identified in this study may be the key species involved in PS degradation.

In addition, bacterial groups that included previously reported PS-degrading bacteria were identified as the dominant groups in this study, such as Alcanivorax, Pseudomonas, Acinetobacter, Brevundimonas, and Bacillus (Figure 4C). Bacillus is the only group whose relative abundance is less affected by sampling season (Figure 5). Bacillus is a common plastic-degrading group and can degrade various plastics, which has been mainly isolated from terrestrial soil environments (Kiatkamjornwong et al., 1999; Galgali et al., 2002; Oikawa et al., 2003; Atiq et al., 2010; Asmita et al., 2015; Mohan et al., 2016). Recently, Bacillus cereus isolated from the mangrove of the Malaysian Peninsula was found to have the ability to degrade PS plastics (Auta et al., 2017). Bacillus paralicheniformis G1 isolated from deep sea sediments also has the ability to degrade PS (Ganesh Kumar et al., 2021). Additionally, bacteria Alcanivorax, Acinetobacter and Brevundimonas have been as a marine PS-degrading bacterium by our group (Liu et al., 2023; Lv et al., 2024; Zhao et al., 2024), as well as in soil environments and insect guts (Galgali et al., 2002; Oikawa et al., 2003; Ward et al., 2006; Atiq et al., 2010; Asmita et al., 2015; Mohan et al., 2016; Sekhar et al., 2016; Kim et al., 2020; Lee et al., 2020; Wang et al., 2020; Kim et al., 2021)prior to this study (Figure 4C). Pseudomonas traditionally considered to be degraders of PS found only in soil environments and insect gut, have recently been discovered to dominate in marine PS biofilms (Kumar et al., 2021; Bae and Yoo, 2022; Shi et al., 2022). This finding suggests that Pseudomonas originating from the marine may also possess a vast potential for PS degradation. Therefore, we speculate that in present case, they are prevalent PS-degrading bacteria not limited to terrestrial environments but also widespread in the marine plastics. However, whether these dominant groups derived from marine possess the ability to degrade PS still needs to be further studied and confirmed with pure cultures.

This study has detected several bacteria with potential pathogenicity, including those harmful to marine organisms, rise concerns. For example, Tenacibaculum, reported as an essential pathogen in global aquaculture (Satyam et al., 2023), in addition to some species of Vibrio (Silva et al., 2019) and Acinetobacter (Noel et al., 2022). To determine if they are pathogenic, we constructed a phylogenetic tree with the OTUs predominant in our dataset (Figure 6). The phylogenetic tree result of the 16S rRNA gene found that the dominant OTU6757 Acinetobacter is close to Acinetobacter johnsonii (Figure 6A), which has potential pathogenicity for fish (Kozińska et al., 2014). Tenacibaculum (OTU7310 and OTU7274) is close to Tenacibactulum pelagium on the evolutionary tree (Figure 6B), which is far from the species that causes fish diseases (Satyam et al., 2023). Similarly, OTU7016 and OTU5409, which belong to the Vibrio, are close to Vibrio azureus and Vibrio japonicus in the evolutionary tree (Figure 6C), and there have been no reports of related pathogenicity (Hoff et al., 2020).




Figure 6 | Construct of phylogenetic relationship tree of bacterial OTU based on 16S rRNA gene sequences shown the position of OTU within the genus. (A) the position of OTU6757 within the genus Acinetobacter. (B) the position of OTU7274 and OTU7310 within the genus Tenacibaculum. (C) the position of OTU5409 and OTU7016 within the genus Vibrio. Bootstrap values indicated on the node with numbers using the neighbor-joining analysis of expressed as percentages of 1000 replications. Sequence divergence represented by score bar at 0.005 nucleotide substitution.






5 Conclusion

The EPS plastic biofilm in the Xiamen subtropical marine area is mainly constituted by Flavobacteriaceae, Rhodobacteraceae, Halomonadaceae, Exiguobacteriaceae, Vibrionaceae, and Pseudoalteromonadaceae. Compared with other subtropical environment PS biofilms, Halomonadaceae and Exiguobacteriaceae are particularly enriched here, which may play an important role in EPS biofilm formation. In addition, dominant bacterial groups with PS degradation potential ability were found, such as Alcanivorax, Pseudomonas, Acinetobacter, Exiguobacterium, Brevundimonas, and Bacillus, as well as the potential fish pathogen Acinetobacter johnsonii. These results provide a reference for the further study of plastic-degrading bacteria in the subtropical marine environment.
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