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While gelatinous zooplankton (GZ) constitute a vital component of the marine food web, understanding their biology and ecology has been hindered because traditional collection methods often destroy their fragile bodies. Environmental DNA (eDNA) sequencing is a non-invasive approach that can detect organisms that are difficult to sample, enabling the DNA of understudied taxa to be sequenced. Here, we present the first application of eDNA metabarcoding targeting Ctenophora and Medusozoa. We first assessed the applicability of an anthozoan eDNA primer set designed to a 28S barcode in anthozoans for amplifying this region in ctenophores and medusozoans, including the creation of a 28S reference library for Ctenophora. After determining that the primers complement these groups well, the primers were used to analyze eDNA samples from mesophotic and deep-sea sites off the Gulf Coast of the southern USA. We recovered sequences belonging to a diverse array of GZ taxa and used these data to distinguish GZ communities by site and ecosystem type, characterize community diversity, and facilitate a better understanding of how these mysterious organisms interact within their ecosystem. The versatility of this primer set presents an exciting opportunity to research taxa that have been historically difficult to study, while further contributing to our understanding of their ecological roles in the deep sea.
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1 Introduction

Gelatinous zooplankton (GZ) such as ctenophores (phylum: Ctenophora) and pelagic medusozoans (phylum: Cnidaria) play vital roles in marine ecosystems worldwide, yet they remain understudied. As carnivores, they consume other zooplankton and are thus primed to initiate top-down effects on primary consumers and producers (Segura-Puertas et al., 2009; Mills, 1995; Chi et al., 2021; Potter et al., 2023), and serve as potential bioindicators for plastic pollution (Macali and Bergami, 2020). Jellies also function as food sources; although once considered “trophic dead-ends’’ due to their low nutrition content, recent studies have found they constitute a sizable percentage of prey for a diverse range of animals (Hays et al., 2018; Brodeur et al., 2021; Diaz Briz et al., 2017; Cardona et al., 2012). Many gelatinous zooplankton groups specialize in feeding on other gelatinous taxa, and their various roles as predator and prey coupled with their range across different depth zones allow these organisms to facilitate energy transfer throughout pelagic food webs (Robison, 2004; Choy et al., 2017; Chi et al., 2021). Since many gelatinous zooplankton have benthic and pelagic life stages, the establishment, survival and proliferation of benthic and pelagic populations directly link midwater and bottom ecosystems. They are also critical in benthic-pelagic coupling via nutrient exchange from their waste products and decaying bodies and provide sustenance for scavengers as “food falls” (Smith et al., 2016). Their distribution throughout the water column allows ctenophores and medusozoans to interact with diverse marine communities from the surface to the abyssal zone.

These organisms are also important to understand from a human perspective, as they can form enormous blooms that wreak havoc on fisheries (Júnior et al., 2022; Ivanov et al, 2000). Jellies can rapidly aggregate into huge masses due to key biological traits, such as fast individual growth rates and short generation times, allowing them to dominate an ecosystem when the environmental conditions are favorable. Swift jelly aggregations can destroy local fish populations since jellies compete directly with fish by eating their eggs and indirectly by consuming their prey (Ivanov et al., 2000). When these fisheries collapse, it has drastic significance for local food sources as well as people’s livelihoods (Oguz et al., 2008; Zaitsev and Mamaev, 1997). Medusozoans can additionally pose a health risk to swimmers through envenomation (Fenner, 1998; Haddad et al., 2018), and the sheer abundance of gelatinous organisms during blooms can block up industrial machinery (De Donno et al., 2014). Anthropogenic impacts such as climate change and eutrophication may contribute to jelly blooms, potentially increasing the negative impacts of these aggregations in recent years, although there has been a lack of direct evidence supporting this claim (Purcell et al., 2007; Pitt et al., 2018). Determining the taxonomic composition of ctenophore and medusozoan communities, especially in places that humans also frequent, is crucial for clarifying the spatial and temporal distribution of the species responsible for issues like blooms, toxin production, and fishery collapse.

Despite the relevance of ctenophores and medusozoans to marine communities, the composition of these communities is still not well understood in many regions worldwide. In the Gulf, the biology and ecology of gelatinous zooplankton remain poorly studied (Segura-Puertas et al., 2009; Moss, 2009). Most studies on jellies focus on coastal and neritic waters rather than open-water oceanic regions (Segura-Puertas et al., 2009; Puente-Tapia et al., 2021). Very few species have been reported in the deep waters of the Gulf, possibly due to the challenges and high costs of sampling in the deep sea (Puente-Tapia et al., 2021). The few existing studies of zooplankton in the Gulf tend to focus on zooplankton broadly (Hopkins, 1982; Ortner et al., 1989) rather than focusing on gelatinous taxa, with ctenophore studies being particularly limited. Reflecting this paucity of information, the Ocean Biodiversity Information System (OBIS) contains just 26 occurrence records of ctenophores for 10 taxa (eight identified to species) across a region encompassing our sampling sites south of Texas and Louisiana (see below) during the years 1885 to 2021. Over the same period and geographic region, OBIS records 821 records for 30 medusozoan taxa, with the vast majority of occurrences identified only to class level.

These communities remain obscure because gelatinous zooplankton are difficult to collect via traditional sampling methods. Collecting specimens with nets tends to pulverize their soft, fragile bodies, and visual surveys may overlook them due to their semi-transparency and small body size (Júnior et al., 2022; Haddock, 2004; Hosia et al., 2017). Moreover, zooplankton species are notoriously patchy in their distributions, over both micro- and meso-scales (Robinson et al., 2021), driven by complex biological and environmental drivers (e.g., Folt and Burns, 1999; Luo et al., 2014). These challenges have made it notoriously difficult to study these animals that have profound roles in our ocean. Biodiversity assessment methods utilizing environmental DNA, or eDNA, present a promising opportunity for researching understudied taxa (Govindarajan et al., 2021; Di Capua et al., 2021) such as ctenophores and medusozoans. These methods rely on sequencing the genetic material — such as epidermal cells, gametes, or excretory waste — contained in environmental samples, like water or sediments (Seymour, 2019; Thomsen and Willerslev, 2015). eDNA analysis often allows us to obtain data on organisms that are not collected via traditional sampling because it does not rely on the organism being visible at the time of sampling and can therefore inform a more complete picture of the community by detecting organisms that may be overlooked. Additionally, eDNA analysis is non-invasive and does not require the organism to be captured, which is advantageous for species conservation.

eDNA has already been employed to study and monitor a range of marine organisms and communities, including corals (Everett and Park, 2018; Shinzato et al., 2021). McCartin et al. (2024) designed a primer set (referred to as Anth-28S-eDNA) that targets 28S rDNA across anthozoan corals (octocorals, black corals, and scleractinians). Medusozoans and ctenophores were among the additional taxa sequenced using the Anth-28S-eDNA primers, indicating that this primer set might also be used to address communities beyond anthozoan corals. The applicability of this primer set for organisms other than Anthozoa presents a promising opportunity to target multiple understudied taxa using the same workflow.

Here, we aimed to evaluate the applicability of the Anth-28S-eDNA primer set for detecting ctenophore and medusozoan eDNA as well as assess its potential for distinguishing taxa and characterizing community composition across a broad depth range (from 8 to 531 meters). We utilized previously generated eDNA sequencing data (McCartin et al., 2024) collected from Niskin bottles attached to a remotely operated vehicle (ROV) and Conductivity Temperature Depth (CTD) Rosette in mesophotic and deep waters off the Gulf Coast of the southern USA that had not yet been analyzed for gelatinous zooplankton. We first evaluated the complementarity of the Anth-28S-eDNA primers with a diverse array of 28S sequences from ctenophores and medusozoans. Subsequently, amplicon sequence variants (ASVs) from the field samples were analyzed to 1) determine what environmental variables explain variation in community structure, 2) characterize and compare family composition between benthic day and pelagic night ecosystems, and 3) analyze alpha diversity by site. The versatility of this primer set presents an exciting opportunity to research taxa that have been historically difficult to study and contribute to our understanding of their ecological role in the deep sea.




2 Methods



2.1 Creation of 28S reference datasets

When we initiated this work in late 2023, just three complete ctenophore 28S sequences were in GenBank (Sayers et al., 2023). We used previously published SRA datasets deposited in the National Center for Biotechnology Information (NCBI) to assemble the ribosomal genes (28S) of 50 ctenophores representative of the taxonomic diversity of the phylum as follows (Supplementary Table S1). The first 8 million reads in the dataset were separated and then assembled using the “Map to Reference’’ function and built-in mapper of Geneious Prime 2023 (https://www.geneious.com), with three iterations using an exemplar 28S ctenophore sequence as the seed reference. In contrast to the case of ctenophores, 28S has been used extensively in phylogenetic systematics analyses of medusozoans (Collins et al., 2006; Cartwright et al., 2008; Bayha et al., 2010; Bentlage et al., 2010; Maronna et al., 2016; Miranda et al., 2016; Bentlage et al., 2018). Therefore, to create a local reference database for 28S sequences of Medusozoa, we conducted a comprehensive GenBank search of all available 28S sequences for the clade. The GenBank query used the terms “(large subunit ribosomal rna) AND Hydrozoa[Organism])) NOT Mitochondrial)” and was repeated replacing “Hydrozoa’’ with “Scyphozoa”, “Cubozoa”, and “Staurozoa’’ respectively. The resulting 2,208 sequences were downloaded as a FASTA file.




2.2 In silico evaluation of Anth-28S-eDNA primer set

The Anth-28S-eDNA primer set was tested in silico on the ctenophore and medusozoan 28S reference datasets to evaluate primer complementarity. The bioinformatic process of determining complementarity between the primers and the 28S sequences was conducted separately on the ctenophore and medusozoan datasets but consisted of the same workflow. We used cutadapt (Martin, 2011) to extract all ctenophore and medusozoan sequences that matched the Anth-28S-eDNA primers with two or fewer mismatches and contained at least 10 overlapping bases. Two rounds of cutadapt were conducted on the 28S alignments. First, the cutadapt command contained the flag “action=retained” in order to conserve the sequences matching the primers, including the primer-binding region, in the resulting sequence list. The second round of cutadapt trimmed the primers from the resulting sequences. All sequences were aligned in Geneious Prime (version 2023.2.1) using MAFFT (v7.490) (Katoh et al., 2002). Default parameters used for MAFFT multiple sequence alignment consisted of the Auto algorithm, a scoring matrix of 200PAM/k=2, a gap open penalty of 1.53, and an offset value of 0.123. Forward and reverse Anth-28S-eDNA primers were added to the alignment using the “Add primers to sequence” function with a modified version of Primer3 (version 2.3.7), allowing for two mismatches in the binding region. The resulting annotation table containing base mismatch information was used to compile a summary table with R (version 4.3.3), RStudio (version 2023.12.1 + 402), and tidyverse (Wickham et al., 2019) to visualize the number and location of mismatches between the primers and each 28S sequence. For the ctenophore and medusozoan reference sequences that matched the Anth-28S-eDNA primer set, taxonomic family identifications were added from GenBank.

To test the ability of the 28S barcode amplified using the primers to distinguish between taxa, separate matrices of sequence similarities were calculated between aligned ctenophore and medusozoan sequences using Geneious Prime. Similarities between ctenophore and medusozoan sequences at the family and genus levels were summarized and analyzed in R using tidyverse packages.




2.3 eDNA sampling and metabarcoding library preparation

Water samples were collected for eDNA analysis during a research expedition on the R/V Point Sur (owned by the University of Southern Mississippi and operated by the Louisiana Universities Marine Consortium) to survey mesophotic banks (30 to 200 meters deep) and deep-sea coral habitats (> 200 meters deep) in waters off the Gulf coast of the southern USA in August 2021. Briefly, eDNA samples were collected using Niskin bottles at the seafloor during remotely-operated vehicle (ROV) dives and in the water column during conductivity, temperature, depth (CTD) casts. Water samples were taken in at least duplicate, if not triplicate or quadruplicate, during each sampling event. Sample collection, eDNA sample processing, and metabarcoding library preparation are described in detail in McCartin et al. (2024) (Supplementary Table S4). Here, we will include information that is critical to interpret the results in the context of the analysis for ctenophores and medusozoans.



2.3.1 ROV water sampling

ROV dives were conducted using the Global Explorer (Oceaneering Inc., Houston, TX, USA) at four sites and varying sampling depths: south of Stetson Bank (55 meters), Bright Bank and to its east (67, 84, 85, and 111 meters), Viosca Knoll (lease block VK826; 474 meters), and Green Canyon (lease block GC354; 527 and 531 meters). Using 1.7 L Niskin bottles, water samples were taken at the seafloor near coral communities. Two to four replicate samples were taken with separate Niskin bottles at each location and depth. Latitude and longitude coordinates of the ROV position during each sampling event were determined using ultra-short baseline positioning (USBL). The ROV was also equipped with a CTD unit to measure environmental conditions and a 4K video camera.

Across sampling sites and depths, bottom habitat and benthic biological communities differed. The bottom habitat at the site south of Stetson Bank, located on the continental shelf (Figure 1), appeared to be mainly consolidated carbonate draped in a substantial layer of sediment. The water at this site was turbid, consistent with its location on the continental shelf. Bright Bank is located at the shelf edge, and the water was clear here. Bottom habitat at depths of 67, 84, and 85 meters was characterized by consolidated carbonate with abundant crustose coralline algae interspersed with patches of sediment. Sampling sites at depths of 84 and 85 meters were close to one another but were distinguished by the fact that one set of sample replicates was taken in a sedimented area and another was taken near an aggregation of Swiftia exserta octocorals. Water samples taken to the east of Bright Bank were taken at a depth of 111 meters near sedimented-draped carbonates that hosted a unique assemblage of benthic invertebrates and fish. The two deep-sea sampling sites at Viosca Knoll and Green Canyon (VK826 and GC354) differed in their longitude (Figure 1), depths, and in the fact that VK826 supports a substantial reef framework created by the scleractinian coral Desmophyllum pertusum.




Figure 1 | (A) Map of eDNA sampling sites off the Gulf Coast of the southern USA adapted from McCartin et al. (2024). (B) Bright Bank samples were collected from three separate locations with differing depths. (C) All unique depths at which eDNA samples were taken for each site. Stetson Bank was sampled at 55m, Bright Bank from 8-111m, Viosca Knoll from 447-475m, and Green Canyon from 527-531m. Bathymetry sources in the maps include the Global Multi-Resolution Topography Data Synthesis (Ryan et al., 2009) and the USGS Multibeam Mapping of Selected Areas of the Outer Continental Shelf, Northwestern Gulf of Mexico (Gardner and Beaudoin, 2005). Contour lines represent 100 meter isobaths in (A) and 10 and 2 meter isobaths in (B). ROV navigational tracks are plotted between sampling locations and intersect contour lines (B).






2.3.2 CTD water sampling

CTD casts were conducted using a rosette of 12L Niskin bottles and a Seabird 911plus CTD unit. The rosette was also equipped with an altimeter to determine the distance from the seafloor during sampling events. CTD casts were performed at night after ROV dives had finished for the day. One CTD cast was conducted at the sampling site at 85 meters at Bright Bank and at VK826. The ship was positioned at the latitude and longitude where ROV sampling was conducted at the seafloor, the CTD rosette was lowered as close to the seafloor as possible (within 2 meters of the seafloor), and samples were taken at this depth and shallower depths in the water column on the upcast. During the CTD cast at Bright Bank, samples were taken at 84, 79, 61, 40 and 8 meters, and the bottom depth was approximately 85 meters. At VK826, samples were taken at 468, 464, 458, and 447.7 meters, and the bottom depth was approximately 469 meters.




2.3.3 eDNA purification and sequencing

Once the ROV or CTD rosette was recovered, eDNA samples were processed immediately by filtering the collected water over 0.22 µm pore size polyethersulfone Sterivex filters (MilliporeSigma, Burlington, MA, USA). Filtration was conducted using peristaltic pumps with tubing that was bleach-sterilized and rinsed with ultra-pure water between samples. On each day, a sampling negative control using the ultra-pure water was also processed to monitor for contamination. Sterilization of field sampling equipment, precautions taken to mitigate the risk of cross contamination, and methods for taking sampling negative controls are described in detail in section 1.3 of the supplementary methods from McCartin et al. (2024).

Since the volume of the Niskin bottles mounted to the ROV and CTD rosette differed, the volume of water that was filtered for each eDNA sample also differed. We filtered as much water as possible from the Niskins mounted to the ROV. The average volume filtered ± one standard deviation was 0.91 ± 0.14 L. For the CTD collected samples, the average volume filtered ± one standard deviation was 4.01 ± 0.99 L. Comparable volumes of ultrapure water were filtered to serve as sampling negative controls. The average volume ± one standard deviation of ultra-pure water filtered for the sampling negative controls was 3.09 ± 1.27 L. To associate environmental data with eDNA samples, in situ measurements of temperature and conductivity were recorded at the times of eDNA sampling events during ROV dives and CTD casts. A small volume (~50 ml) of seawater was taken from the Niskin bottles prior to eDNA filtration, and pH of the sample was measured using an Oakton pH 150 waterproof portable pH meter (Environmental Express, Charleston, S.C., USA).

After filtration, Sterivex filters were stored at -80°C on the ship, transported to the lab on dry ice, and stored to -80°C until DNA extraction. DNA was extracted from the filters using the DNEasy Blood and Tissue Kit (Qiagen, Hilden, Germany) and a modified protocol for extraction from the filter capsule itself (see Spens et al., 2017 and Govindarajan et al., 2022). To prepare libraries, duplicate PCR reactions were conducted for each sample using the Anth-28S-eDNA primers. The PCR products were pooled and indexed as described by McCartin et al. (2024). Libraries were sequenced using an Illumina MiSeq with v3 chemistry to obtain 300bp paired-end reads. Raw sequencing data are available on the NCBI Sequence Read Archive (SRA) under BioProject PRJNA1159220.

To mitigate the risk of contamination during DNA extraction and library preparation, DNA extraction was conducted at a designated bench where PCR products and DNA extracts from tissue samples were never handled. The bench was bleach sterilized before extraction. The pipettes that were used (also dedicated to extracting eDNA samples) were also bleach sterilized and UV irradiated before extraction. PCR amplification was conducted using sterilized and UV irradiated pipettes in a bleach sterilized and UV irradiated hood with positive airflow and HEPA filtration. To monitor for contamination during DNA extraction and metabarcoding library preparation, sampling negative controls, extraction negative controls, and PCR negative controls, consisting of the PCR reaction mix with molecular-grade water instead of DNA template, were processed and sequenced alongside the field samples. These steps are described in further detail in section 3.1 of the supplementary methods from McCartin et al. (2024).





2.4 Data analysis



2.4.1 Bioinformatics pipeline

Forward and reverse primers were trimmed from demultiplexed, paired-end sequencing reads from each sample using cutadapt with the default settings and a minimum overlap of 5 nucleotides. The reverse complements of the forward and reverse primers were optionally trimmed from the reverse and forward reads, respectively, if they were identified. Sequences were quality filtered and trimmed, denoised of sequencing errors, merged, and cleaned of chimeras using DADA2 (Callahan et al., 2016). Forward reads were trimmed to 250 base pairs, reverse reads were trimmed to 175 base pairs, and the maximum number of expected errors per read was set to 2. A tab-delimited ASV table and FASTA file with ASV sequences was generated as the outputs of the DADA2 pipeline.




2.4.2 Taxonomic classification and curation of ASVs

Phyla were assigned to the ASVs to distinguish between ctenophores and medusozoans for all downstream analyses. The ASVs were searched using NCBI’s BLAST tool with blastn. The search included the following flags: -db nt to query the nucleotide database, -max_target_seqs 10 to return the top 10 target sequences, and -outfmt “6 qseqid sacc staxid sscinames evalue bitscore pident qcovs” to specify what search results were desired. In R, unique scientific names were selected and searched in the World Registry of Marine Species (WoRMS) database (WoRMS 2023) with get_wormsid and classification from the package taxize (Chamberlain and Szöcs, 2013) to retrieve the taxonomic classification for each matching scientific name. Low-quality sequence matches were removed so as to retain all ASVs that contained more than 85% of the query sequence, had the highest similarity to the query sequence, and exactly matched at least 85% of the query sequence. In order to remove non-target taxa (i.e., Anthozoa) from downstream analyses, only the ASVs identified as “Tentaculata”, “Nuda”, “Hydrozoa”, “Scyphozoa”, “Staurozoa”, or “Cubozoa” at the Class level were selected. The remaining top BLAST hits were combined with the WoRMS taxonomy results to create a table of each ASV sequence and its identified phylum (either Ctenophora or Cnidaria).

In order to create a match list, the FASTA file of ASVs was made into a BLAST database with makeblastdb and the flags -parse_seqids and -dbtype nucl. The ASVs were then compared to each other using blastn to query this database with the flags -outfmt 6 qseqid sseqid pident, such that the match list results would contain the percentage similarity between each pair of ASVs. The flag -qcov_hsp_perc 80 was included as well. The resulting match list was imported to R, along with the table of ASV counts in each sample and the BLAST results for the ASVs. The command lulu (Frøslev et al., 2017) was performed on the table of ASV counts per sample and the match list with a minimum match of 95 to retain only ASVs that had at least a 95% match.

To serve as references for the taxonomic classification of the ASVs, we created a list containing the nucleotide sequence of each reference sequence used for the in silico tests of primer complementarity along with its associated Kingdom, Phylum, Class, Order, Family, Genus, and Species. Taxonomy of the ctenophore reference sequences was manually added based on a “dummy” classification (Supplementary Table S1) that we created because the current classification of Ctenophora does not reflect phylogenetic relationships in many respects (e.g., non-monophyletic Cydippida and Tentaculata) and is in need of revision (Podar et al., 2001; Simion et al., 2015; Townsend et al., 2020; Whelan et al., 2017). For the medusozoan reference sequences, the GenBank accession ID numbers of every reference sequence containing the barcode of interest were searched in GenBank with epost and esummary to return the corresponding taxonomy ID. The unique taxonomy IDs were then searched again in GenBank using efetch to find the most complete taxonomy available for each reference sequence.

After curation with lulu, all unique ASVs from the phyloseq object identified as Ctenophora and Cnidaria were then assigned taxonomy using assignTaxonomy and addSpecies in the package dada2 (Callahan et al., 2016). The read abundances of each ASV were calculated and added to the table of classifier results.

Phyloseq was used to assemble taxonomy data, sequencing read abundance data, and sample metadata. During this round, taxonomy data was composed of the ctenophore and medusozoan classifier results returned by assignTaxonomy and assignSpecies. One phyloseq object was created containing both ctenophore and medusozoan data, excluding all ASVs that were not taxonomically assigned to at least the class level.

Contaminant ASVs, or ASVs that were highly frequent in the negative controls, were identified using isContaminant from the package decontam (Davis et al., 2018). The method “prevalence” was used to identify contaminants by comparing their prevalence in negative controls to prevalence in actual samples, and a probability threshold of 0.1 was used. No contaminant ASVs were found. The number of medusozoan and ctenophore reads in the majority of the negative controls ranged from zero to two; one negative control had 40 reads.




2.4.3 Community assemblage and diversity analyses

Negative controls were removed from the phyloseq object before all remaining ASVs were imported to Geneious Prime, aligned with MAFFT, and used to construct a phylogenetic tree with FastTree default settings (version 2.1.11) (Price et al., 2010). This tree was rooted at the midpoint and added to the working phyloseq object. Both unweighted and weighted UniFrac distance matrices were calculated using the UniFrac function from the phyloseq package with options normalized = TRUE, parallel = FALSE, and fast = TRUE. Unweighted UniFrac distances take solely presence/absence into account, whereas weighted UniFrac distances incorporate relative abundance.

All negative controls from the sample metadata were removed, and the environmental variables of depth, salinity, water temperature, and pH were standardized to range from 0 to 1 with decostand from vegan (Oksanen et al., 2024). Two distance-based redundancy analyses (dbRDA) were performed with dbrda from vegan on the standardized environmental variables and on the unweighted and weighted UniFrac distance matrices, separately. A PERMANOVA test was performed on each UniFrac distance matrix coupled with the standardized environmental variables using adonis2 from vegan to determine which variables significantly explain any variation seen in the ordination. adonis2 used 999 permutations and assessed significance for each term with by = “terms”.

For Bright Bank and Viosca Knoll, which were the only sites that had both ROV and CTD samples, all ROV samples and CTD samples taken less than 5.8 meters above the seafloor were used to construct two separate phyloseq objects in order to test if ROV and CTD samples were significantly different. ASVs in each object were imported to Geneious, aligned with MAFFT, and used to construct a phylogenetic tree with FastTree. These trees were rooted at the midpoint and added back to their respective phyloseq objects. Unweighted UniFrac distance matrices were computed with options normalized = TRUE, parallel = FALSE, and fast = TRUE. PERMANOVA tests were conducted on the UniFrac matrices with adonis2 to determine significant differences between ROV and CTD samples.

To examine the benthic daytime community, we selected all ASVs from the phyloseq object that came from ROV samples and removed all ASVs with zero read abundance. All ASVs not classified to at least the family level were also removed. Relative sequencing read abundance of taxa at each site was plotted with ggplot (Wickham, 2016). The same process was used to examine the pelagic nighttime community, except we selected all ASVs from samples that were collected by CTD. All other steps performed were the same.

Using the phyloseq object, all ASVs with a sequencing read abundance of zero were removed. Chao1 (ASV richness) and Shannon’s diversity index were calculated with estimate_richness and boxplots were created by site using plot_richness from phyloseq. Faith’s phylogenetic diversity was calculated using estimate_pd and plotted in ggplot by site. Species accumulation curves were calculated separately for each site using the random accumulation method with specaccum from vegan. Accumulation curves were plotted together with base R.






3 Results



3.1 Complementarity of primer set for Ctenophora and Medusozoa

The primer set matched especially well to the alignment of ctenophore 28S sequences, with 79.1% of the sequences perfectly matching the forward primer and 89.6% perfectly matching the reverse primer (Table 1). All of the ctenophore sequences matched the primers with two or fewer mismatches. The medusozoan alignment was less complementary, with 10.4% of the sequences perfectly matching the forward primer and 81.1% perfectly matching the reverse primer. Out of all the medusozoan sequences analyzed, 81.7% matched the primers with two or fewer mismatches. Twenty-six of 33 ctenophore families were represented among the reference sequences with two or fewer mismatches to the primer set. Within Medusozoa, six of eight cubozoan families, five of six staurozoan families, 19 of 23 scyphozoan families and 67 of 133 hydrozoan families were represented by reference sequences with two or fewer mismatches to the Anth-28S-eDNA primer set (Table 2).


Table 1 | Complementarity of diverse 28S alignments of Ctenophora and Medusozoa with Anth-28S-eDNA primer set, as represented by the percentage of base mismatches.




Table 2 | Medusozoan families with exemplar sequences with two or fewer mismatches to the Anth-28S-eDNA primers.



For both the ctenophore and medusozoan reference datasets, no two families had the exact same 28S barcode (Supplementary Table S2). There was a maximum percent identity of 99.5% and median of 82.8% for ctenophore families and a maximum percent identity of 98.4% and median of 58.6% for medusozoan families, demonstrating that this barcode can be used to distinguish families within these taxa.




3.2 Data overview

After primer trimming, quality filtering and trimming reads, denoising sequencing errors, merging, and chimera removal, there was an average of 12,429 reads per sample with a standard deviation of 8,866. In total, 1,188 ASVs were recovered by the Anth-28S-eDNA primer set and 766 ASVs remained after curation with LULU. Of these 766, 67 ASVs were classified as Ctenophora, and 190 were classified as Medusozoa. Out of the 67 ctenophore ASVs, 58 were classified to at least the order level, 56 were further classified to the family level, 47 were further classified to the genus level, and 3 to the species level. Out of the 190 medusozoan ASVs, 187 were classified to at least the order level, 136 were further classified to the family level, 113 were further classified to the genus level, and 8 to the species level. Within Medusozoa, only Hydrozoa and Scyphozoa were represented. There were 33 families represented, comprising 11 ctenophore families (out of 25 total families) and 24 medusozoan families, specifically from Hydrozoa and Scyphozoa (out of 170 total families).




3.3 Community structure analysis

ROV samples taken at the seafloor and CTD samples taken within 5.8 meters above the seafloor were significantly different at both Bright Bank (PERMANOVA, p = 0.006) and Viosca Knoll (PERMANOVA, p = 0.016). ROV samples were considered representative of the benthic day community and CTD samples were considered representative of the pelagic night community. The benthic community analysis included 25 ROV samples: four from Stetson Bank, 12 from Bright Bank, three from Viosca Knoll, and six from Green Canyon. The pelagic community analysis included 22 CTD samples: 12 from Bright Bank and ten from Viosca Knoll.

The composition of ctenophore and medusozoan communities varied noticeably depending on whether presence/absence data was considered or if relative sequencing read abundance was considered. When presence/absence data was used to perform a dbRDA, the environmental variables accounted for 37.7% of the variance. Samples taken from the same site appeared to group together, and samples collected by CTD from the same site clustered more tightly together than those collected by ROV (Figure 2A). All the environmental variables considered were significant except for conductivity, with depth explaining the most variation between samples (PERMANOVA: p < 0.001, R2 = 0.12), followed by sampling method of either ROV or CTD (PERMANOVA: p < 0.001, R2 = 0.10) and altitude (PERMANOVA: p < 0.001, R2 = 0.05). When sequencing read abundance relative to the total amount of ctenophores and medusozoans was considered, 27.5% of variance between samples was explained by the environmental variables. The clustering of samples by sample type or site was not evident on the dbRDA plot (Figure 2B). Only conductivity (PERMANOVA: p < 0.02, R2 = 0.07), altitude (PERMANOVA: p < 0.02, R2 = 0.07), and depth (PERMANOVA: p < 0.02, R2 = 0.06) were significant, but explained little of the variation in the data. Any underlying patterns in organismal or DNA abundance could be confounded by bias in PCR amplification.




Figure 2 | Distance-based redundancy analysis of UniFrac distances between eDNA samples. Depth ranges for sample collection were Stetson Bank, 55m; Bright Bank, 8-111m; Viosca Knoll, 448-474m; Green Canyon, 527-531m. (A) dbRDA of unweighted UniFrac distances. (B) dbRDA of weighted UniFrac distances.






3.4 Benthic day (ROV) and pelagic night (CTD) community composition

In total, 192 ASVs were detected and identified to at least the family level, representing 11 ctenophore and 24 medusozoan families (Supplementary Table S3). All ctenophore families detected consist of holopelagic species (Figure 3A), whereas medusozoan families include species with holopelagic, meroplanktonic, and benthic habits (Figure 3B). There were 24 families represented in the benthic day (ROV) samples compared to 30 in pelagic night (CTD) samples, with 19 ctenophore and medusozoan families shared between benthic day and pelagic night communities. In order of highest to lowest sequencing read abundance, shared families consist of the ctenophore families Cydippidae, Haeckeliidae, Mertensiidae, Lampoctenidae, Charistephaneidae, Ocyropsidae and Bathocyroidae, and the medusozoan families Rhopalonematidae, Diphyidae, Cuninidae, Erennidae, Halicreatidae, Agalmatidae, Physophoridae, Zancleidae, Aeginidae, Eudendriidae, Hippopodiidae, and Nausithoidae. Twenty-one of 56 ctenophore ASVs and 29 of 136 medusozoan ASVs identified to the family level were detected in both benthic day (ROV) and pelagic night (CTD) samples (Supplementary Table S3).




Figure 3 | Ctenophore and medusozoan community composition at the family level across sites. All ASVs identified to at least the family level were included. (A) Percentage of ctenophore sequencing reads recovered in pelagic and benthic samples. (B) Percentage of medusozoan sequencing reads recovered in pelagic and benthic samples.



For the benthic day (ROV) samples, unique families were all medusozoan, representing the families Atorellidae, Porpitidae, Pandeidae, Campulanariidae, and Clytiidae. The families unique to pelagic night (CTD) samples contained a mix of ctenophores (“Ctenocerosidae”, Beroidae, Vampyroctenidae, and Cestidae), and medusozoans (Proboscidactylidae, Ptilocodidae, Solmarisidae, Tetraplatiidae, Tubulariidae, Apolemiidae, and Geryoniidae).

At the benthos during the day, two medusozoan families, Rhopalonematidae and Diphyidae, and two ctenophore families, Mertensiidae and Cuninidae, were consistently present at all sites. Dominant families, or families with the highest relative sequencing read abundance, were identified at each site for both Medusozoa and Ctenophora. Within Medusozoa, Rhopalonematidae was the dominant family at Bright Bank and Green Canyon, Diphyidae at Stetson Bank, and Agalmatidae at Viosca Knoll. Within Ctenophora, Mertensiidae was the dominant family at Stetson Bank and Green Canyon, both Mertensiidae and Cydippidae were most abundant at Bright Bank, and Haeckeliidae was dominant at Viosca Knoll. The five families that were exclusive to the benthic daytime samples were all meroplanktonic medusozoans with benthic hydroid stages.

In the water column at night (CTD), the ctenophore families Cydippidae, Mertensiidae, Ocyropsidae, Haeckeliidae, and Charistephaneidae, and the medusozoan families Diphyidae, Rhopalonematidae, Agalmatidae, Proboscidactylidae, Solmarisidae, Ptilocodiidae, Aeginidae, and Cuninidae were present at every site. Medusozoan and ctenophore communities were both dominated by two main families. Rhopalonematidae and Diphyidae were the most prominent medusozoan taxa at both Bright Bank and Viosca Knoll. Mertensiidae and Cydippidae prevailed over other ctenophores, with most ASVs identified as Cydippidae sampled from Bright Bank and as Mertensiidae from Viosca Knoll. Three meroplanktonic families were found exclusively in the pelagic night samples, but it is not possible to determine whether polyp or medusa stages were being detected.




3.5 Alpha diversity of benthic day communities

Alpha diversity of benthic daytime communities sampled by ROV followed the same general pattern regardless of diversity measure used. In order of lowest to highest average diversity, the pattern tended to be Stetson Bank, Green Canyon, Bright Bank, and Viosca Knoll (Figure 4A). Bright Bank had higher variability in alpha diversity than the other sites. This same trend was represented in the pelagic night data, as Bright Bank consistently had lower average alpha diversity than Viosca Knoll (Figure 4B). Although the species accumulation curves show that none of the sites were sampled enough to adequately represent their diversity (Figure 5), they reflect the same pattern seen in the alpha diversity data from Figure 4.




Figure 4 | Measures of alpha diversity and phylogenetic diversity for ctenophore and medusozoan benthic day and pelagic night communities. Sites increase in depth from left to right. (A) Diversity measures across sites with benthic samples. (B) Diversity measures across sites with pelagic samples.






Figure 5 | Species accumulation curves by site. Number of samples collected on x-axis and number of recovered ctenophore and medusozoan ASVs identified on y-axis. Shaded polygons represent confidence intervals.







4 Discussion



4.1 Anthozoan primer set complements 28S from Ctenophora and Medusozoa

Based on the in silico assessment, nearly all ctenophores and more than 80% of medusozoans in the 28S reference datasets are likely to be amplified by the Anth-28S-eDNA primers, assuming they can be amplified with up to 2 mismatches to the primers. The high percentage of complementary ctenophore sequences suggests that the primer set can capture a broad range of ctenophore diversity from eDNA samples. Only one base pair in the primer set would need to be changed in order to perfectly match the ctenophore reference sequences. The results indicate that a lower percentage of medusozoans can be recovered, which may be due to the occurrence of mismatches towards the 3’ end of the primer sequence that may interfere with primer binding. However, the primer set is still expected to amplify a large proportion of accepted families across medusozoan diversity (Table 1), suggesting that the Anth-28S-eDNA primers will aid in exploring significant medusozoan biodiversity that might go undetected otherwise. Using one primer set to target multiple taxa — Anthozoa, Ctenophora, and Medusozoa — streamlines eDNA lab workflow, such that more sequencing data can be obtained and used to address multiple taxa with the same amount of time and effort.

Having a metabarcoding primer set that readily amplifies ctenophore and medusozoan taxa presents an exciting development in GZ research by augmenting researchers’ ability to obtain sequencing data for these understudied taxa in a non-invasive, non-destructive manner, and the potential to uncover more about their community composition and distribution. For example, within our data we detected an ASV for the hydrozoan Porpita, a colonial neustonic form known as a “blue button”. Rather than being detected near the surface, however, Porpita was detected as present in 4 of 6 samples near the bottom (sampled by ROV) from below 500 m at both of the Green Canyon sampling points. While it is known that Porpita produces free-swimming medusae, little has been known about their depth distribution (Helm, 2021). However, a recent study sampled surface waters off the Pacific coast of Mexico and detected larval Porpita colonies as well as planula larvae, documenting this stage for the first time (Santiago-Valentín et al., 2024). The surface waters sampled by Santiago-Valentín and colleagues (2024) did not contain medusae, and the production of planula larvae has still yet to be observed. Our study raises the possibility that Porpita medusae sink to bottom waters to carry out the sexually reproductive phase of their lifecycles, although alternative explanations could include the sinking of fecal matter for some organism that fed upon adult Porpita or the sinking of a senesced animal tissue or body. Either of these alternative interpretations for our unexpected detection of Porpita DNA at 500 m involve links between deep benthic ecosystems with those at the ocean’s surface.

We expect that the majority of sequences identified with this primer set will represent members of the gelatinous zooplankton community. However, several taxa are restricted to the benthos and, therefore, are not technically zooplankton (e.g., some groups within Leptothecata and Anthoathecata). Thus, these primers will likely enrich a diversity of medusozoans from the water column to the benthos. Indeed, we detected benthic taxa (e.g. Eudendriidae) in our metabarcode profiles. However, the medusa stages of medusozoans tend to be considerably larger in body size and more dispersed than the polyp stages, which should skew our sampling toward medusae and thus the GZ component of Medusozoa. Other studies have suggested that larger animals are easier to detect in eDNA samples (Derycke et al., 2021).

While 28S is a promising marker for metabarcoding analyses to characterize Ctenophora and Medusozoa assemblages, its power to distinguish species is still unknown. While 28S has been applied as a barcode within sponges (e.g., Erpenbeck et al., 2016; Voigt and Wörheide, 2016; Itskovich et al., 2022), it has been little explored as a viable barcode for ctenophores or medusozoans. Within ctenophores, studies aimed at elucidating species showed mixed success for 28S as a barcode, with some species having distinct sequence signatures but other more recently diverged species being invariant in 28S (Johnson et al., 2022; Alamaru et al., 2017). Regarding medusozoans, 28S has been used extensively in phylogenetic studies of different clades (e.g., Collins et al., 2006; Cartwright et al., 2008; Bayha et al., 2010; Bentlage et al., 2010; Maronna et al., 2016; Miranda et al., 2016; Bentlage et al., 2018) and the 28S marker has been sampled from multiple exemplars of the same species in a few systematics studies (Montano et al., 2015; Cunha et al., 2017). We are not aware of any study that has explicitly assessed 28S as a barcode for medusozoans, but these studies mirror the case with ctenophores, with many distinct species within a genus being differentiated by 28S, but also with some more recently diverged species being invariant in 28S.

In our community analyses, family data were used because the majority of the recovered ASVs would have been excluded if we only used those that were identified to the species level (8 of 257 ASVs). Family was the lowest taxonomic rank that would represent the majority of recovered ASVs (188 out of 257) while still providing useful ecological and biological information.




4.2 eDNA primer set distinguishes spatially separate communities

The two dbRDAs demonstrated the power of metabarcoding with the Anth-28S-eDNA primer set to distinguish medusozoan and ctenophore communities by geographic location and ecosystem type (benthic/day-ROV or pelagic/night-CTD). In addition, using this primer set in conjunction with environmental data can help determine which environmental factors may be responsible for driving similarities or differences between those communities.

GZ assemblages were site-specific, although there was some overlap in community members (Figure 2A). The PERMANOVA test results also indicate that GZ communities are structured by both depth and proximity to the seafloor; in both dbRDA analyses, depth and altitude were among the top three variables that significantly explained the most data variance. This assertion can be seen in the tighter clustering of pelagic night samples away from benthic day samples. Previous studies have also found that GZ assemblages are spatially differentiated from one another. Zaldua-Mendizabal et al. (2021) found that GZ assemblages were distinctly differentiated across sites as a result of location-specific environmental conditions, with water column depth as one of the main factors determining assemblage differences. It has also been suggested that hydrographic boundaries and water mass dynamics, which are driven by the physical topography of a particular site, distinguish zooplankton assemblages (Haberlin et al., 2019; Doyle et al., 2007; Youngbluth et al., 2008). The influence of location-specific environmental factors and water column depth may explain why we see spatially separate jelly communities in our results. Geographic distance was not incorporated in the dbRDA analysis and we therefore cannot assert that latitude and longitude are influencing our results. However, we note that sites for which we detected more similar communities (Figure 2A) have less geographic distance between them (Figure 1A). There may therefore be some correlation between geographic distance and GZ community composition, with higher community similarity between sites that are closer together (O’Donnell et al., 2017).

eDNA transport could influence the interpretation of our results across sites and depths, since currents and mixing can transport particles away from their sources. We consider this possibility, but also note that results from a number of studies suggest that eDNA is distinct across depths in the absence of water column mixing (Andruszkiewicz et al., 2019; Allan et al., 2021; Canals et al., 2021; Govindarajan et al., 2021; Monuki et al., 2021; Govindarajan et al., 2023). Some of these studies analyzed eDNA samples collected with Niskin bottles (Canals et al., 2021; Govindarajan et al., 2021, Govindarajan et al., 2023). In August at our sampling locations, a thermocline was present below depths of approximately 20 meters. This is consistent with limited mixing typical of the warm, late summer at our stations (Supplementary Figure S1). Further, we found that the amount of eDNA from corals in these samples decreased rapidly with altitude above the seafloor, suggesting limited vertical transport near the benthos (McCartin et al., 2024). eDNA metabarcoding data also discriminates between biological communities connected by water movement (e.g. Port et al., 2016; Jeunen et al., 2019). Our field sites are distant and bathymetrically isolated from one another and also represent substantial geological features (e.g. Bright Bank). We can reasonably assume that dispersal of eDNA between our sites is not important for interpreting differences in a broad sense among our sites.

Compared to Figure 1A, there were no clear visual patterns in the data shown in Figure 2B, which accounted for relative sequencing read abundance. Samples do not appear to be grouped by site, ecosystem/sampling method/time of day, or any other environmental variable. Fewer variables are significant — only conductivity, altitude, and depth — than with presence/absence data. This more haphazard grouping suggests that the amount of DNA from a species detected in one sample is highly variable when compared to other samples, even those from the same location or ecosystem type. This high degree of variability, when relative abundance is considered, could reflect local patchiness of DNA shed from individual organisms over small distances, possibly related to the mobility of most medusozoans and ctenophores. Preliminary research on jelly eDNA suggests that eDNA release rate is highly inconsistent from individual to individual (Minamoto et al., 2017). Andruszkiewicz Allan et al (2021) also reported high variability in the concentrations of eDNA sampled from tanks of scyphozoans and suggested that this patchy signaling could be explained by scyphozoans shedding genetic material in larger chunks, since their main body is formed by acellular mesoglea and their cells may not slough off like other organisms. This is consistent with our results, since uneven signals could be caused by jellies sporadically shedding larger eDNA fragments.




4.3 Community composition of Ctenophora and Medusozoa

A diverse set of medusozoan and ctenophore families were readily detectable using these primers, opening the door to understanding more about GZ community composition and how it varies across space and time within marine environments.

In this study, there are some limitations to assertions we can make due to our sampling. The samples we used were taken during the day at close proximity to the bottom by ROV (at four sites) and in the water column at night by CTD rosette (at two sites). Further, the volume of the samples that was filtered differed between the two methods, because the Niskin bottles on the ROV had a smaller capacity than the Niskin bottles on the CTD rosette. This difference could translate to differences in the spatiotemporal resolution of the methods and also influence estimates of alpha diversity. While sample volume can influence measurements of alpha diversity, samples that differ in volume have been shown to elucidate similar patterns in community composition (Govindarajan et al., 2022; Peres and Bracken-Grissom, 2024). Our data show that GZ communities sampled by ROV and CTD significantly differ at the two sites where both types of sampling were conducted. CTD/pelagic night samples are richer in terms of families (30 vs. 24) and ASVs (162 vs. 80) detected than the ROV/benthic day samples (Supplementary Table S3). One might predict that GZ communities are richer at night than they are during the day due to diel vertical migration (as well as horizontal transport), which occurs in both deep and shallow waters (Harvey et al., 2009; Williamson et al., 2011), when many pelagic zooplankton species make their nocturnal journey to shallower depths in order to feed. However, it is not possible to disentangle whether these differences are due to proximity to the bottom, time of day, sampling method, or a combination of these factors. Future studies with sampling both at the bottom and throughout the water column during the same time frame would more appropriately address what factors drive community differences.



4.3.1 Dominant families are holopelagic

One or two families comprised the bulk of the ASVs in each community. The main dominant families — Rhopalonematidae or Diphyidae within Medusozoa and Mertensiidae or Cydippidae within Ctenophora — consist of species that live out their lives entirely within the water column, indicating that the most abundant GZ taxa living in proximity to the bottom are holopelagic (rather than medusae with benthic stages). Detecting predominantly pelagic medusozoans in the ROV samples was surprising given that benthic taxa (corals) were detected and that benthic medusozoan richness is far greater than holopelagic and meroplanktonic medusozoan richness combined.

Indeed, holopelagic taxa are much more prevalent overall in our metabarcoding profiles (24 of 35 families and 159 of 192 ASVs), and even among the daytime samples taken by ROV (17 of 24 families and 67 of 80 ASVs). GZ species inhabiting the water column are often observed in close proximity to the bottom. Specific predator-prey interactions between benthic and pelagic species have been noted, (e.g., the squat lobster Euminida picta consuming Atolla jellyfish; Nizinski et al., 2023), although observations of jellies being consumed by benthic taxa in the deep sea have been rather limited to larger animals (Gregorin et al., 2024). The preponderance of holopelagic taxa represented in our samples near the bottom suggests that there are ample opportunities for benthic and pelagic organisms to interact and is consistent with the idea that these systems are tightly linked. Gelatinous zooplankton have been previously described in relation to benthic-pelagic coupling, mainly as a food source when their dead bodies sink to the seafloor (Gregorin et al., 2024). However, the patterns of their predation and cycling have been noted as lacking (Drazen and Sutton, 2017), indicating that ctenophores and medusozoans have a likely underestimated role in linking these ecosystems in ways that have not yet been described.




4.3.2 Diversity patterns

Our study areas contain a diversity of ctenophores and medusozoans that our sampling did not come close to capturing adequately (Figure 5). While our relatively limited sampling prevents us from discerning the true extent of GZ diversity at these sites, considering the environmental context of each location informs us about what factors may be influencing GZ community composition and alpha diversity. Out of the four sites, Viosca Knoll consistently had the highest diversity by a variety of measures (richness, evenness, and phylogenetic diversity) (Figures 4, 5). These diversity measures generally indicated that Bright Bank had the second highest diversity, followed by Green Canyon and lastly Stetson Bank.

Viosca Knoll is densely populated by the reef-forming coral Desmophyllum pertusum and receives an influx of nutrients and organic matter via discharge from the Mississippi-Atchafalaya River system (Mienis et al., 2012). The terrestrial material released into the Gulf can affect productivity at Viosca Knoll through direct transport of nutrients to the seafloor and indirectly by causing an uptick in primary productivity at the surface that sinks to the seafloor over time. The abundance of cold water corals at Viosca Knoll may also be facilitating a nutrient-rich environment, as they are known to release carbon (Wild et al., 2008). The high diversity of ctenophores and medusozoans at Viosca Knoll may be related to the productivity of this site, as the plentiful food sources could support a high diversity of jellies as well as the development of deep reefs. We detected comparatively lower GZ diversity at the other deepwater site in our study, Green Canyon, which is characterized by coral gardens, cold seeps, and biogeochemical cycling supporting chemosynthetic organisms (Cordes et al., 2009). While it is conceivable that the extreme chemical environment at Green Canyon is less suitable for gelatinous zooplankton, little is known about interactions between microbial and GZ communities in these types of environments.

The shallow mesophotic sites in our study are also characterized by contrasting amounts of diversity. Bright Bank displays high ctenophore and medusozoan diversity. This site is characterized by high epibenthic species richness and warm clear water that helps sustain a booming coral ecosystem (Sammarco et al., 2016). Ctenophores and medusozoans may be thriving on the plentiful food sources present in such a diverse ecosystem and additionally may serve as prey for other organisms living near the coral. Stetson Bank is also known to support the development of rich reef environments, but our sampling was from a deeper, more turbid locality within Stetson Bank. High turbidity can block sunlight from reaching corals and negatively impact productivity. It may be that the low GZ diversity at this site also stems from the turbid conditions.




4.3.3 Food web interactions

As ctenophores and medusozoans are key members of the marine food web, identifying the taxa in benthic day and pelagic night communities can reveal ecological interactions taking place between predator and prey. Ten different families were exclusive to the pelagic nighttime samples and in this case diverse holopelagic taxa were prevalent (n=8), including the ctenophores Beroe (family Beroidae) that prey upon other jellies and the ribbon-shaped Velamen (Cestidae) that forage for small copepods (Stretch, 1982; Matsumoto and Harbison, 1993), as well as the worm-shaped narcomedusa Tetraplatia volitans and the shallow-water limnomedusan Liriope tetraphylla. Many diverse taxa were detected in both benthic day and pelagic night samples (Figure 3). For example, all five siphonophore families were detected, including species that likely eat fish (Erennidae), others that likely feed upon copepods (Diphyidae, Hippopodiidae), and others that are generalists (Agalmatidae) (Damian-Serrano et al., 2021). Ctenophores with different prey preferences are also common to both benthic day and pelagic night communities, such as Haeckelia, which feeds upon medusae and Charistephane fugians, which feeds on small copepods (Haddock, 2007).






5 Conclusions

We have demonstrated that a 28S eDNA primer set designed for anthozoans can also capture a diverse range of medusozoan cnidarians and ctenophores. As these taxa serve multiple important functions within marine ecosystems, applying this primer set to GZ studies presents an opportunity to build our understanding of the ecological and biological features of this vital community. Our eDNA-based approach yielded several advantages for understanding GZ diversity, as seen compared to historical entries in repositories like the Ocean Biodiversity Information System (OBIS). In our region of study, OBIS has 26 records of ctenophores representing six families over the course of nearly 140 years; our single set of samples yielded 67 ctenophore ASVs representing 11 families, illustrating how eDNA-based sampling will revolutionize understanding of species distributions. Similarly, over the same time period OBIS contains 821 records for 16 medusozoan families, as compared to the 190 medusozoan ASVs representing 24 families. Despite being limited by incomplete reference genetic data, eDNA provides a quick way to collect occurrence data in addition to greater specificity of identifications for medusozoans as compared to OBIS.

These primers could be applied in targeted studies investigating the distribution of GZ, at both micro- and meso-scales, and how environmental conditions and biological factors influence those distributions, as well as the role of GZ in ecologically important processes such as trophic interactions and biogeochemical cycling. We recognize the ongoing difficulties with drawing definitive conclusions from eDNA data given the uncertainties about fate and transport; regardless, its potential to elucidate groups that have historically been overlooked should be taken advantage of. Jellies are key players in an ocean constantly grappling with anthropogenic impacts, and we therefore hope that this primer set can begin to fill the long-standing gap in gelatinous zooplankton studies.
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