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Niches and Seasonal Changes, Rather Than Transgenic Events, Affect the Microbial Community of Populus × euramericana ‘Neva’












	 
	ORIGINAL RESEARCH
published: 28 January 2022
doi: 10.3389/fmicb.2021.805261





[image: image]

Niches and Seasonal Changes, Rather Than Transgenic Events, Affect the Microbial Community of Populus × euramericana ‘Neva’

Yali Huang1,2†, Yan Dong1,2†, Yachao Ren1,2, Shijie Wang1,2, Yongtan Li1,2, Kejiu Du1,2, Xin Lin1,3 and Minsheng Yang1,2*

1Institute of Forest Biotechnology, Forestry College, Hebei Agricultural University, Baoding, China

2Hebei Key Laboratory for Tree Genetic Resources and Forest Protection, Baoding, China

3Agricultural Office of Kenfeng Subdistrict Office, Tangshan, China

Edited by:
Tofazzal Islam, Bangabandhu Sheikh Mujibur Rahman Agricultural University, Bangladesh

Reviewed by:
Shuo Jiao, Northwest A&F University, China
Stefano Mocali, Council for Agricultural Research and Economics (CREA), Italy

*Correspondence: Minsheng Yang, yangms100@126.com

†These authors have contributed equally to this work and share first authorship

Specialty section: This article was submitted to Microbe and Virus Interactions with Plants, a section of the journal Frontiers in Microbiology

Received: 30 October 2021
Accepted: 27 December 2021
Published: 28 January 2022

Citation: Huang Y, Dong Y, Ren Y, Wang S, Li Y, Du K, Lin X and Yang M (2022) Niches and Seasonal Changes, Rather Than Transgenic Events, Affect the Microbial Community of Populus × euramericana ‘Neva’. Front. Microbiol. 12:805261. doi: 10.3389/fmicb.2021.805261

Exploring the complex spatiotemporal changes and colonization mechanism of microbial communities will enable microbial communities to be better used to serve agricultural and ecological operations. In addition, evaluating the impact of transgenic plants on endogenous microbial communities is necessary for their commercial application. In this study, microbial communities of Populus × euramericana ‘Neva’ carrying Cry1Ac-Cry3A-BADH genes (ECAA1 line), Populus × euramericana ‘Neva’ carrying Cry1Ac-Cry3A-NTHK1 genes (ECAB1 line), and non-transgenic Populus × euramericana ‘Neva’ from rhizosphere soil, roots, and phloem collected in different seasons were compared and analyzed. Our analyses indicate that the richness and diversity of bacterial communities were higher in the three Populus × euramericana ‘Neva’ habitats than in those of fungi. Bacterial and fungal genetic-distance-clustering results were similar; rhizosphere soil clustered in one category, with roots and phloem in another. The diversity and evenness values of the microbial community were: rhizosphere soil > phloem > root system. The bacterial communities in the three habitats were dominated by the Proteobacteria, and fungal communities were dominated by the Ascomycota. The community composition and abundance of each part were quite different; those of Populus × euramericana ‘Neva’ were similar among seasons, but community abundance fluctuated. Seasonal fluctuation in the bacterial community was greatest in rhizosphere soil, while that of the fungal community was greatest in phloem. The transgenic lines ECAA1 and ECAB1 had a bacterial and fungal community composition similar to that of the control samples, with no significant differences in community structure or diversity among the lines. The abundances of operational taxonomic units (OTUs) were low, and differed significantly among the lines. These differences did not affect the functioning of the whole specific community. Sampling time and location were the main driving factors of changes in the Populus × euramericana ‘Neva’ microbial community. Transgenic events did not affect the Populus × euramericana ‘Neva’ rhizosphere or endophytic microbial communities. This study provides a reference for the safety evaluation of transgenic plants and the internal colonization mechanism of microorganisms in plants.
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INTRODUCTION

Microorganisms play an important role in soils and many eukaryotic host organisms. Each plant species hosts a genotype-specific core microbiome, dynamically responding to environmental factors. Rhizosphere soil is the most important area for interactions between plants and soil, and the growth of rhizosphere microorganisms depends on exudates released from roots that stimulate their growth (Pandit et al., 2020; Moisan et al., 2021). “Endophyte” is a generic term for any organism that lives inside of a plant, which interacts with the plant host as mutualists or commensals at some point of their life cycle (Wilson, 1995) without changing plant morphology, and ubiquitously found in all plant species and probably co-evolved with higher plants (Krings et al., 2007). Endophytic microorganisms also play an important role in plant growth, nutrient accumulation, enhancement of stress tolerance, and pest control (Hardoim et al., 2008; Ownley et al., 2010; Hallmann et al., 2011). Any changes in the endophytic community diversity of plants, or their activity, may have a significant impact on plant growth and environmental adaptability (Gaiero et al., 2013; Vandenkoornhuyse et al., 2015), but we know relatively little at present about the distribution and diversity of endophytes in many plant groups and plant communities.

Poplar is one of the most important economic tree species in the world. Because of its rapid growth, strong adaptability, high yield, short rotation period, and wide use, the poplar industry has developed rapidly, which has benefited China’s economic development and ecologically sound construction. With the increase in planting area of single poplar species, serious problems with insect pests have greatly restricted the development of the poplar industry. In addition, China contains 99.13 million hectares of saline-alkali land, there are currently few poplar varieties suitable for growth in arid and saline-alkali areas. The cultivation of insect-resistant and salt-tolerant poplar varieties is of great value to the cultivation of poplar ecological forests (Sun et al., 2010). Applying modern molecular biology technology, i.e., transferring multiple resistance genes into poplar, can substantially shorten the breeding process. The Cry1Ac and Cry3A insecticidal protein genes have toxic effects on Lepidoptera and Coleoptera pests, respectively, while BADH and NTHK1 are two important salt-tolerant genes. Both insecticidal protein genes and salt-alkali resistance genes have been transferred into poplar, which has resulted in great economic value and ecologically significant improvements in the resistance of poplar.

While genetic transformation brings great social benefits, environmental safety is a topic of concern. Microorganisms are sensitive to changes in external conditions and can respond to soil degradation or improvement. The aboveground litter, root exudates, and root residues of transgenic plants all carry exogenous gene products that may directly affect soil microbial populations and lead to changes in plant–microbe interactions (Bruinsma et al., 2003; Lynch et al., 2005). Study on the effects of genetic transformation have focused mainly on transgenic crops and microbial communities in rhizosphere soil, and there has been less research on the effects of transgenic trees on such soil, particularly the endophytic microbial flora component (Guan et al., 2016). Since the root systems of trees are in contact with the soil for a long time, the effects of transgenic trees on soil and endogenous microorganisms are more noteworthy than those of crops. The development of next-generation sequencing (NGS) technology has led to studies of the microbial communities of transgenic plants. In this study, Populus × euramericana ‘Neva’ (PEN) carrying Cry1Ac-Cry3A-BADH genes and PEN carrying Cry1Ac-Cry3A-NTHK1 genes grown in the field were used as research materials, and the non-transgenic PEN was used as a control. The composition and diversity of the bacterial and fungal communities in the rhizosphere soil, roots, and phloem of the two transgenic lines and the control in different seasons were monitored, and the temporal and spatial variations in microbial communities were explored and compared. The results provide a theoretical basis for research on the safety of the transgenic poplar soil ecosystem and the poplar microbial community colonization mechanism.



MATERIALS AND METHODS


Site Description and Sampling

PEN is a new fast-growing female poplar that is widely used in commercial production. Three lines of PEN carrying Cry1Ac-Cry3A-BADH genes (ECAA1–ECAA3) and three lines carrying Cry1Ac-Cry3A-NTHK1 genes (ECAB1–ECAB3) were obtained as follows. The Cry1Ac and Cry3A genes were linked together and constructed into the same vector with the BADH and NTHK1 genes, respectively, producing clones of PEN by agrobacterium-mediated transformation (Liu et al., 2016; Yang et al., 2016). Resistant roots of the transformed plants were detected through polymerase chain reaction (PCR), fluorescence quantitative PCR, and enzyme-linked immunosorbent assay (ELISA) analyses of the toxic protein. Indoor and field insect-feeding experiments were conducted, growth and morphological observations were made, and insect-resistant characteristics were noted. The six lines of PEN have been approved by the State Forestry and Grassland Bureau for environmental release.

In April, 2018, a comparative experimental forest was planted in Mancheng District, Baoding City, Hebei Province (E115°28′ and N38°52′). Using a random block design, three replicates were established, with nine plants per plot, a plant spacing of 2 m, row spacing of 4 m, and a total area of 6666 m2. Natural conditions and management practices were consistent across the test site. In June, August, and October, 2020, rhizosphere soil, root, and phloem samples of the highly resistant lines ECAA1 (hereafter, A1) and ECAB1 (B1) were collected, and PEN was used as a control. One plant was randomly selected from each plot, three replicates, i.e., nine lines were collected each time. After the litter layer on the ground had been removed, soil was excavated to a depth of about 30 cm in four directions (east, west, south, and north) around the trunk base, which ensured that the main roots were not cut off. After the roots had been exposed, the fibrous roots with diameters of less than 2 mm were cut out and gently shaken to remove the soil attached to the root system. This soil was collected and used for the physical and chemical determination of soil properties. The roots and remaining attached soil, approximately a 1-mm layer, were placed into sterile sealed bags. A sterile scalpel was used to gently scrape the surface of the bark of the same tree at a height of 1.3 m and expose an area of approximately 200 mm in length and 100 mm in width. After being exposed, a phloem sample with a thickness of about 1 mm was removed and placed in a plastic bag. All samples were transported in a dry-ice environment.



Processing of Samples

A sterilized soft brush was used to gently brush the rhizosphere soil off the root surface. The hairy roots in the rhizosphere soil were removed, then passed through a 1-mm sterile filter. The roots were cleaned eight times with sterile water and then placed in 15 mL phosphate-buffered saline (PBS) solution. An ultrasonic wave was applied twice at 50–60 Hz for 30 s. Water on the surface of the roots was absorbed with sterile absorbent paper. The phloem sample was rinsed twice with sterile water and excess water was absorbed. Samples were labeled S, R, and P, representing rhizosphere soil, roots, and phloem, respectively. The numbers 6, 8, and 10 were used to indicate the sampling months, corresponding to June, August, and October, respectively. The abbreviations A1, B1, and CK (for control) represented the line numbers, and the numbers 1–3 represented each of the three trees in each line (Supplementary Table 1). For example, S6-CK-1 would represent one sample of the June control line from rhizosphere soil. A total of 81 samples were collected in 3 months (27 samples per month), and samples were transported in a dry-ice environment.



Extraction of DNA and Illumina MiSeq Sequencing

For DNA extraction from soil and plant tissue, HiPure Soil DNA and HiPure Stool DNA kits (Magen, Guangzhou, China) were used, respectively, according to the manufacturers’ protocols. The 16S rDNA target region of the ribosomal RNA gene and the internal transcribed spacer (ITS) target region were amplified via PCR, as follows: 95°C for 5 min, followed by 30 cycles at 95°C for 1 min, 60°C for 1 min, 72°C for 1 min, and a final extension at 72°C for 7 min. The primer sequences of the 16S rDNA V5–V7 region were 799F, AACMGGATTAGATACCCKG and 1193R, ACGTCATCCCCACCTTCC (Beckers et al., 2016); those of the fungal ITS2 rRNA region were ITS3_KYO2, GATGAAGAACGYAGYRAA and ITS4, TCCTCCGCTTATTGATATGC (Toju et al., 2012). The PCR reactions were performed in triplicate using a 50-μL mixture containing 10 μL 5 × Q5@ reaction buffer, 10 μL 5 × Q5@ high GC enhancer, 1.5 μL 2.5 mM dNTPs, 1.5 μL each primer (10 μM), 0.2 μL Q5@ high-fidelity DNA polymerase, and 50 ng template DNA. The PCR reagents were obtained from New England Biolabs (Ipswich, MA, United States). Amplicons were extracted from 2% agarose gels and purified using an AxyPrep DNA Gel Extraction Kit (Axygen Biosciences, Union City, CA, United States) according to the manufacturer’s instructions and quantified using the ABI StepOnePlus Real-Time PCR System (Life Technologies, Foster City, CA, United States). Purified amplicons were pooled in equimolar concentrations and paired-end sequenced (PE250) on an Illumina platform according to the standard protocols. The raw reads were deposited in the National Center for Biotechnology Information (NCBI) Sequence Read Archive (SRA) database (Accession Number: SAR17186426 to SAR17186587).

After the sequencing data had been obtained, we first performed quality-control processing to get high-quality clean tags. The clean tags were clustered into operational taxonomic units (OTUs) of ≥97% similarity using UPARSE (Edgar, 2013) (version 9.2.64) pipeline. The 16S rRNA and ITS representative OTU sequences were classified into organisms with a naive Bayesian model using the Ribosomal Database Project (RDP) classifier (Pruesse et al., 2007) (version 2.2) based on the SILVA (version 132) and ITS2 (version update_2015) databases (Ankenbrand et al., 2015), respectively, with a confidence threshold value of 0.8 (Wang et al., 2007). Based on the OTU sequence species annotation and abundance information, we carried out a follow-up biological information analysis.



Soil Description and Analysis

Impurities in the soil were removed, and then the soil was passed through a 1-mm-mesh screen. The physical and chemical properties of the soil were measured as follows: soil pH was measured in a 1:2.5 (w/v) soil to water suspension using a pH meter according to the standard of NY/T1121.6-2006, organic matter (OM) using the potassium dichromate volumetric method according to the standard of NY/T 1121.6-2006, available nitrogen (AN) was measured with the alkaline hydrolysis diffusion method according to the standard of LY/T 1228-2015, available phosphorus (AP) was measured with molybdenum blue colorimetry according to the standard of NY/T 1121.7-2014, available potassium (AK) was measured with an ammonium acetate method using a flame photometer according to the standard of, NY/T889-2004, electrical conductivity (EC) using the electrode method according to the standard of HJ802-2016, and total salt (TS) content using the mass method according to the standard of van Reeuwijk (2006).



Statistical Analysis

The Shannon diversity and Pielou’s evenness indexes were calculated using QIIME (Caporaso et al., 2010) (version 1.9.1). Sequence alignment was performed using Muscle (Edgar, 2004) (version 3.8.31), and a phylogenetic tree was constructed using FastTree (Price et al., 2010) (version 2.1). Then an unweighted UniFrac distance matrix was generated using the GuniFrac package (Lozupone and Knight, 2005) (version 1.0) in R project. Hierarchical clustering was performed using the R project in the Vegan package. Based on OTUs and species-abundance tables, the R language in the Vegan package was used (Oksanen et al., 2011) (version 2.5.3) to calculate the Bray–Curtis distance matrix for a principal coordinates analysis (PCoA), and the Spearman_approx distance was used for an analysis of similarities (ANOSIM) (Oksanen et al., 2011). A canonical correspondence analysis (CCA) was carried out using the R language in the Vegan package (Oksanen et al., 2011) (version 2.5.3). The Pearson correlation coefficients between environmental factors and species were determined using the R language psych package (Revelle, 2013) (version 1.8.4). Cytoscape software was used to generate a correlation network diagram. The functional group (guild) of fungi was inferred using FUNGuild (Nguyen et al., 2016) (version 1.0). The soil physical and chemical parameters and the abundance of microorganism functional groups were evaluated using IBM SPSS Statistics 26.0 software for statistical analysis, with significance set at the P < 0.05 level. Relative abundance comparison between groups was calculated using Welch’s t-test and the Wilcoxon rank test in the R project Vegan package (Oksanen et al., 2011) (version 2.5.3). Tukey’s honestly significant difference (HSD) and Kruskal–Wallis H tests were used to analyze relative abundance differences among multiple groups using R language in the Vegan package (Oksanen et al., 2011) (version 2.5.3).




RESULTS


Microbial Community Richness and Diversity Patterns

The average numbers of effective tags of bacteria obtained from soil, root, and phloem samples in the amplicon were 112,670, 111,296, and 110,858, respectively. The average numbers of effective tags of fungi were 123,605, 108,658, and 99,144, respectively. The average lengths of the effective tags of bacteria and fungi were about 413.1 and 341 bp, respectively (Supplementary Table 2). Most of the reads could be classified, with a small proportion of unclassified reads (0–1.25% for bacteria and 0–0.2% for fungi). The numbers of OTUs in rhizosphere soil were saturated at about 1,800 (bacteria) and 260 (fungi), and the root and phloem samples were saturated at about 200 (bacteria) and 100 (fungi). According to a community α-diversity analysis (Figure 1), the diversity and evenness of the bacterial and fungal communities were significantly higher in rhizosphere soil than in roots and phloem, and the values were higher in phloem than in roots. There were no significant differences between the 3 months studied in terms of community diversity or evenness, and there were no significant differences between the transgenic lines and the control.
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FIGURE 1. Shannon’s diversity and Pielou’s evenness of both the bacterial and fungal communities across the three habitat classifications (soil, roots, and stems), seasons (June, August, and October) and genotypes (CK, A1, and B1). For both bacteria and fungi, diversity differed significantly across habitats. *P < 0.05 between groups. **P < 0.01 between groups. ***P < 0.001 between groups. ns: There were no significant differences between groups.


A cluster analysis of the OTUs according to the unweighted_UniFrac showed that bacteria and fungi had the same pattern (Figure 2), that is, rhizosphere soil was clustered separately, and plant tissues (phloem and roots) were clustered into one cluster. The PCoA was used to evaluate the similarity of the microbial community structures (Figure 3). The first two principal components explained 66% of the bacterial community, and the rhizosphere soil community differed significantly from those of roots and phloem, which were too similar to distinguish between them. The first two principal components explained 50% of the fungal community, and the three habitats were clearly distinguished. For both bacteria and fungi, there was no clustering between the different months or between different lines. To support the results of the clustering and PCoA analyses statistically, analysis of similarity (ANOSIM), based on the Spearman_approx distance algorithm, was performed. The ANOSIM analysis results (Supplementary Table 3) showed that there were significant differences among the three habitats, and there were significant differences among seasons within each habitat (P < 0.05), but there were no significant differences between the transgenic lines and the control within each habitat.
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FIGURE 2. Results of a cluster analysis based on the UniFrac distance of all samples at a 3% cut-off OTU level in 16S and ITS.
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FIGURE 3. Results of a PCoA analysis of both the bacterial and fungal communities across the three habitat classifications (soil, roots, and stems), seasons (June, August, and October), and genotypes (CK, A1, and B1). Based on multivariate ANOVA results, habitat and season had greater impacts on bacterial and fungal community composition than did genotype (Supplementary Table 3).




Site Chemical Characteristics

The environment is an important factor affecting the soil microbial community. The OM content, AN, TS, EC, and pH values in the rhizosphere soil of Populus euphratica varied significantly throughout the growing season (June vs. August vs. October), while the AP and AK were relatively stable (Supplementary Table 4). Throughout the site, there were no significant differences in the physical and chemical indexes between the rhizospheres of the transgenic and control poplar, indicating that the overall management conditions of the experimental forest were consistent.

The correlations between microbial community structure and environmental factors were calculated to examine the environmental factors that could lead to variation in microbial diversity. Overall, the physical and chemical properties had a greater impact on bacterial communities than on fungi, and on rhizosphere soils than on roots and phloem. AN, EC, and TS were the most important factors affecting bacterial and fungal communities (Figure 4A). In the bacterial community, the EC and TS indexes were positively correlated with nine phyla (r > 0.5, p < 0.05), including Acidobacteria, Verrucomicrobia, Planctomycetes, and Entotheonellaeota; the pH value was positively correlated with Actinomycetes; and the AN content was positively correlated with Planctomycetes at the genus level. The EC, TS, pH value, and AN content also had large effects. Regarding the endogenous tissue of plants, root bacteria were affected by the OM, pH, and EC, with the OM content having the largest effect, including on the highly abundant Chryseobacterium. Phloem bacteria were affected mainly by AN, AP, AK, and EC, with AN being the most important factor. In the fungal community, rhizosphere soil fungi were affected by AN, OM, AP, AK, pH, and EC, with AN and pH being the main factors, and pH specifically inhibiting the highly abundant Fusarium (Figure 4B). Root fungi were affected mainly by OM, AP, EC, and pH content in plant endogenous tissues, with AP and pH positively correlated with the abundant fungus Plectosphaerella. Phloem fungi were affected mainly by the EC and TS, with TS specifically inhibiting the highly abundant Aureobasidium.
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FIGURE 4. Canonical correspondence analysis (CCA) and correlation analysis between microbes and environmental factors. (A) Distance-based CCA of bacterial and fungal communities in all samples. (B) Correlations between genera and environmental factors. Each circle represents one genus of bacteria or fungi, and its size represents the average abundance across the corresponding habitats. The vee represents environmental factors. The figure shows only genera significantly associated with environmental factors, with a coefficient greater than 0.5.




Microbial Community Composition

As shown in Figure 5A, bacterial communities were annotated to 24 phyla, of which 24, 10, and 17 were annotated to rhizosphere soil, roots, and phloem, respectively. Nine phyla were common to all three habitats and seven appeared only in soil samples. The rhizosphere was dominated by Proteobacteria, Acidobacteria, and Firmicutes; the roots were dominated by Proteobacteria and Firmicutes; and phloem was dominated by Proteobacteria and Firmicutes (Figure 5B). There were significant differences in the abundances of a large number of phyla among habitats (Tukey’s HSD: P < 0.05, Supplementary Table 5). For example, the relative abundance of Proteobacteria was significantly lower in the rhizosphere than in roots and phloem (rhizosphere: 44%, root: 95%, and phloem: 81%). Actinobacteria (rhizosphere: 25.34%, root: 0.17%, and phloem: 1.14%) and Acinetobacter (rhizosphere: 3.96%, root: 0.01%, and phloem: 0.14%) were more abundant in soil than in roots and phloem. Firmicutes were less abundant in root samples (rhizosphere: 16.56%, root: 3.35%, and phloem: 16.56%) and Bacteroidetes were most abundant in phloem (rhizosphere: 0.83%, root: 16.56%, and phloem: 1.04%). Fungal community was annotated to 28 classes, of which 25, 20, and 22 were annotated to rhizosphere soil, root, and phloem, respectively. Seventeen were common to the three habitats, and five classes appeared only in rhizosphere soils. One class appeared only in roots. Sordariomycetes and Dothideomycetes dominated the rhizosphere soil, and Sordariomycetes, Dothideomycetes, and Mucoromycetes dominated the root and phloem. The abundances of a large number of classes differed significantly among different habitats (Tukey’s HSD: P < 0.05, Supplementary Table 5). For example, the relative abundance of Sordariomycetes was significantly higher in rhizosphere soil and roots than in phloem (soil: 67.04%, root: 76.21%, and phloem: 12.63%). The relative abundance of Dothideomycetes was highest in phloem and lowest in roots (rhizosphere: 15.23%, root: 6.55%, and phloem: 54.49%). The relative abundance of Mucoromycetes was highest in phloem, and it was absent from rhizosphere soil (rhizosphere: 0.00%, root: 5.49%, and phloem: 18.49%).
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FIGURE 5. Bacterial and fungal community composition analysis. (A) Phyla/class distribution for both bacterial and fungal communities across the three habitat classifications (soil, roots, and stems), seasons (June, August, and October), and genotypes (CK, A1, and B1). (B) Average relative abundance (%) of bacterial phyla and fungi classes in soil, roots, and phloem for different seasons in CK, A1, and B1. The total relative abundances and significant effects of all phyla of bacteria and classes of fungi are listed in Supplementary Tables 4, 5.


In the comparison between different seasons (Figure 5A), 20 phyla were common between June, August, and October in the bacterial community, One phyla appearing only in October. In the rhizosphere soil, there were significant seasonal changes in 11 phyla (Figure 5B and Supplementary Table 6). The abundance of Proteobacteria was significantly higher in June and August than in October (June: 47.45%, August: 47.57%, and October: 37.58%). Actinobacteria had the lowest abundance in August (June: 27.13%, August: 18.71%, and October: 30.19%), while Acidobacteria had the highest abundance in October (June: 3.36%, August: 3.44%, and October: 5.06%). The abundance of Bacteroidetes in roots (June: 1.21%, August: 1.28%, and October: 0.02%) and phloem (June: 2.09%, August: 0.94%, and October: 0.10%) was significantly lower in October than in June and August. There were 24 classes that were common between June, August, and October in the fungal community, with Umbelopsidomycetes appearing only in August and Paraglomeromycetes appearing only in October. In the rhizosphere soil, eight classes differed significantly among seasons. The abundance of Sordariomycetes was significantly lower in August than in June and October (June: 57.95%, August: 83.58%, and October: 59.58%), and that of Dothideomycetes was significantly higher in June than in August and October (June: 28.29%, August: 5.90%, and October: 11.49%). The abundance of Eurotiomycetes was significantly higher in October than in June and August (June: 1.97%, August: 1.34%, and October: 15.08%). There were no significant seasonal changes in the abundances of classes in the fungal community in roots. The abundances of classes in phloem fluctuated seasonally, with 16 classes showing significant differences. For example, the abundance of Bacteroidetes gradually decreased from June to October (June: 2.10%, August: 0.94%, and October: 0.10%), while those of Dothideomycetes (June: 69.03%, August: 60.56%, and October: 33.88%) and Mucoromycetes (June: 23.78%, August: 24.38%, and October: 7.33%) decreased significantly in October, and those of Sordariomycetes (June: 4.58%, August: 11.42%, and October: 21.89%), Leotiomycetes (June: 0.04%, August: 0.19%, and October: 19.34%), and Malasseziomycetes (June: 0.35%, August: 0.72%, and October: 6.27%) gradually increased from June to October.

In the bacterial community, 20 phyla were common among the A1, B1, and CK lines (Figure 5A), with two endemic phyla (Deinococcus-Thermus and Fibrobacteres) in controls and two endemic phyla (Omnitrophicaeota and Thaumarchaeota) in B1. Compared to CK, there were no significant differences among the phyla in the three habitats (Welch’s t: P > 0.05). Regarding the fungal community, 24 classes were common among A1, B1, and CK, with one endemic class (Umbelopsidomycetes) in A1, and one (Paraglomeromycetes) in B1. When A1 and B1 were compared to CK, there were no significant differences in abundance identified for any classes (Welch’s t: P > 0.05) (Supplementary Table 7).



Identification of Shared Operational Taxonomic Units and Indicator Species Analysis

A bipartite association network revealed the distribution and annotation of OTUs in the different groups. As can be seen in Figure 6, there were 4,891 bacterial OTUs enriched in all of the samples, mainly in the Proteobacteria. The OTUs of rhizosphere soil, root, and phloem were 4,767, 1,036, and 1,069, respectively. In bacterial community, there were 696 (shared 14%) common OTUs among rhizosphere soil, root, and phloem, and each of the habitats having 3,531, 23, and 50 unique OTUs, respectively; the numbers of significantly enriched OTUs were 450, 33, and 61, respectively (Supplementary Table 8). The OTUs of June, August, and October were 3,689, 3,799, and 3,927, respectively. By month, there were slightly more OTUs of bacteria in October than in June and August. There were 2,874 OTUs (59%) shared among June, August, and October, with 380, 373, and 488 unique bacterial OTUs, respectively. The numbers of significantly enriched OTUs were 127, 101, and 204, respectively (Supplementary Table 9). The OTUs of CK, A1, and B1 lines were 3,778, 3,904, and 3,919, respectively. There were 3,211 bacteria OTUs (66%) shared between the A1 and CK lines, with 693 and 567 unique OTUs, respectively. There were 3,241 bacteria OTUs (66%) shared between the B1 and CK lines, with 677 and 536 unique OTUs, respectively. Several OTUs in the A1, B1, and CK lines were significantly enriched (q > 0.05) (Supplementary Table 10).
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FIGURE 6. Bipartite association network of both bacterial and fungal communities across the three habitat classifications (soil, roots, and stems), seasons (June, August, and October), and genotypes (CK, A1, and B1). Each circle corresponds to an OTU, and its color represents the OTU annotation of bacteria at the phylum level and fungi at the class level. The stars represent different groups.


In total, 1,493 fungal OTUs were enriched in all of the samples (Figure 6), with most of them in the Ascomycota. The OTUs of rhizosphere soil, root, and phloem were 1,032, 707, and 780, respectively. There were 343 common OTUs (shared 23%) among rhizosphere soil, roots, and phloem, and each of the habitats having 554, 92, and 164 unique OTUs; 93, 39, and 45 were significantly enriched, respectively (Figure 7 and Supplementary Table 8). The OTUs of June, August, and October were 1,152, 1,172, and 1,211, respectively. By month, 829 OTUs (56%) were shared among June, August, and October, with 72, 98, and 110 unique OTUs; 109, 54, and 158 were significantly enriched, respectively (Supplementary Table 9). The OTUs of CK, A1, and B1 lines were 1,020, 1,099, and 1,114, respectively. There were 782 fungal OTUs (52%) shared between the A1 and CK lines, with 317 and 228 unique OTUs, respectively. There were 742 fungal OTUs (50%) shared between the B1 and CK lines, with 361 and 278 unique OTUs, respectively. There were no significantly enriched OTUs in the A1, B1, and CK lines (q > 0.05). Four fungal OTUs were significantly enriched in the CK lines, two OTUs were significantly enriched in the B1 lines (q > 0.05), and no OTUs were significantly enriched in the A1 lines (Figure 7 and Supplementary Table 10).
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FIGURE 7. Ternary plot depicting the relative abundances of all OTUs for bacterial and fungal communities across the three habitat classifications (soil, roots, and stems), seasons (June, August, and October), and genotypes (CK, A1, and B1). Each point corresponds to an OTU, its position represents its relative abundance with respect to each group, and its size represents the average across all three groups. Colored circles represent OTUs enriched in one group compared to the others.




Distribution of Functional Groups

Interpreting the biological implications of the diversity patterns revealed by NGS studies requires knowledge of the key functional attributes of different microbial species. Based on OTU abundance, a Pearson correlation was calculated between each OTU for the four functional bacteria groups (nitrifying genera, denitrifying genera, hydrogen-oxidizing bacteria, and nitrogen-fixing bacteria), and eight OTU modules (Figure 8A and Supplementary Table 11) significantly correlated with the four functional bacteria (R > 0.5, P < 0.05) were screened. The dominant nitrifying genera included Nitrosospira, Nitrospira, Nitrobacter, Nitrosomonas, Candidatus_Nitrocosmicus, Nitrolancea, and Nitrospira. The abundance of nitrifying bacteria was significantly greater in rhizosphere soil than in roots and phloem (Figure 8B and Supplementary Table 12). Within the bacterial community, 16 denitrifying bacteria were identified, among which Paenibacillus and Bacillus were dominant. Paenibacillus was dominant in endogenous tissue, and Bacillus was dominant in rhizosphere soil (Supplementary Table 13). The abundance of denitrifying bacteria was significantly greater in root and phloem than in rhizosphere soil (Figure 8B and Supplementary Table 12). The abundance of nitrogen-fixing microorganisms can reflect the nitrogen-fixing potential. The nitrogen-fixing bacteria observed in this study included Azospirillum, Bradyrhizobium, Rhizobium, Mesorhizobium, and the Allorhizobium-neorhizobium-pararhizobium-rhizobium complex; abundance was highest for this latter complex (Supplementary Table 13). The highest abundance of nitrogen-fixing bacteria was observed in rhizosphere soil, followed by the root system, with almost no nitrogen-fixing bacteria in the phloem. Moreover, Pseudomonas was observed to be dominant (Supplementary Table 13). The abundance of hydrogen-oxidizing bacteria was greater in the root system than in the phloem, and was lowest in rhizosphere soil. By season, only the abundance of nitrogen-fixing bacteria showed obvious seasonal changes, being significantly greater in June and August than in October (Figure 8B and Supplementary Table 12). There were no significant differences in the abundance of functional bacteria between the transgenic lines and the control (Figure 8B and Supplementary Table 12).
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FIGURE 8. Functional analysis of the bacterial communities. (A) OTU co-abundance network revealing the modules of OTUs associated with functional bacteria. Only uniquely associated OTUs or those associated with all four functional genera and with significant associations (i.e., correlation greater than 0.5) are shown. Each node represents an OTU, and each module is displayed in a different color. (B) Mean abundance profile for the OTUs in the functional bacteria groups across different samples. The position along the x-axis corresponds to different samples. Error bars represent the SE. The x- and y-axes have no scale.


Generally, fungi species are grouped into saprotrophs, symbiotrophs, and pathogens, and then each of these groups is divided into functional guilds of species that have different growth strategies and nutrient-acquisition capabilities (Peay et al., 2016). Throughout all of the habitats studied, pathogens were the most abundant trophic group, followed by saprotrophs, with symbiotrophs having the lowest abundance (Figure 9). The abundance of pathogens and saprotrophs was significantly greater in roots than in rhizosphere soil and phloem, while symbiotrophs were mainly present in rhizosphere soil and roots (Supplementary Table 14A). The abundance of most guilds varied greatly among different habitats (Supplementary Table 14B). There were more fungal functional guilds in roots than in soil and phloem. There were no obvious differences in the abundance of trophic groups and fungal guilds in different seasons or among the different lines.
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FIGURE 9. Abundance of trophic groups in the fungal community across different samples. The vertical represents the Log10 transformation of the sample stages.





DISCUSSION

The widespread application of Bacillus thuringiensis (Bt) insecticidal protein genes via plant genetic transformation has alleviated the harm caused by insects to the agriculture and forestry industries, and the release of pesticides into the environment has been reduced (Wang et al., 2018). Assessing and monitoring the ecological safety of genetic-transformation technology is necessary for the promotion and application of genetically modified plants (Filion, 2008). Microorganisms are very important to the growth and development of plants, but their colonization mechanism in plants is still unclear. Exploring the changes in microbial communities in different ecological parts of PEN, the main poplar species planted in the North China Plain, could make complex microbial communities better able to serve agriculture and ecology. In this study, abundant bacterial and fungal OTUs in environmental samples were detected, and the number of bacterial OTUs was larger than that of fungi in the rhizosphere soil (bacterial OTUs: 1,944, fungal OTUs: 299), root system (bacterial OTUs: 242, fungal OTUs: 122), and phloem (bacterial OTUs: 182, fungal OTUs: 102). Previous studies have shown that the diversity and species richness of bacteria and fungi in individual communities vary with habitat, but the species richness of bacteria is usually higher than that of fungi (Hinchliff et al., 2015); our results are consistent with this. In this study, the number of OTUs annotated by sequencing was relatively high compared to previous studies (Bue et al., 2009; Beckers et al., 2017), and a higher sequencing depth was beneficial to fully characterize the microbial community.


Effects of Gene Transformation on the Microbial Community

Bt has insecticidal action, which may affect the soil microflora, particularly some functional bacteria, and reduce their numbers (Motavalli et al., 2004). For example, the endophytic fungal community of transgenic corn leaves has been changed (da Silva et al., 2016), the diversity of the endophytic microbial community in the root system of genetically modified oilseed rape is lower than that of non-transgenic oilseed rape (Dunfield and Germida, 2001; Siciliano and Germida, 2010), and overexpression of malate dehydrogenase in alfalfa affects the diversity of rhizosphere bacteria and the availability of soil nutrients (Tesfaye et al., 2003). However, most studies have shown that transgenic plants have no influence on the rhizosphere or endophytic microbial communities (Andreote et al., 2008; Cotta et al., 2014; Nimusiima et al., 2015; Timm et al., 2016). In genetically modified poplars, some studies have shown that overexpression of tannin in Populus tremula × tremuloides has a significant impact on the fungal and bacterial communities of rhizosphere soil (Winder et al., 2013), while other studies have not found that transgenic poplar has an impact on microbial communities (Oliver et al., 2008; Danielsen et al., 2012; Zuo et al., 2018; Wang et al., 2019). In this study, transgenic PEN with Cry1Ac-Cry3A-BADH and Cry1Ac-Cry3A-NTHK1 genes had the same richness, uniformity, and diversity as non-transgenic poplars for both bacteria and fungi communities. The transgenic and non-transgenic lines cannot be distinguished by PCoA or cluster analysis, and no statistical differences were found in bacterial phyla and fungi classes between them, indicating the community structure and composition of the transgenic lines and control were similar. This result is consistent with the previous study (Wang et al., 2019). It was compared the OTUs of transgenic poplar to those of a control and found that 49.63 and 37.63% of the OTUs were shared with bacteria and fungi, respectively. In our study, >66% of the bacterial OTUs and >50% of the fungal OTUs were shared between transgenic PEN and non-transgenic PEN. This confirmed that the percentage of shared OTUs was relatively high.

In this study, small numbers of low-abundance OTUs were significantly enriched in the A1 and CK lines. Even in the same area, there are differences in the microorganisms present due to soil heterogeneity (Brockett et al., 2012) and the presence of different kinds of plants. Even individuals of the same plant species growing in the same environment have unique endophytic bacterial communities (Watt et al., 2006; Gaiero et al., 2013). The fungal community had more specific OTUs than the bacterial community, consistent with previous research (Wang et al., 2019). In terms of the historical contingency, the final composition of a community is determined by the order of arrival of each species (Peay et al., 2016). Both bacteria and fungi had a few specific OTUs, but no difference was observed between transgenic lines and the control in terms of community function. On the other hand, microorganisms can be used as diagnostic groups to indicate environmental conditions, plant health, and soil fertility (Yu et al., 2012).

If low-abundance enriched species at the OTU level in transgenic fungi are identified as sensitive groups, attention should be given to them because they may reflect specific health conditions of soil or endogenous tissues (Dohrmann et al., 2013). In summary, the transgenic event did not affect the rhizosphere soil or the endogenous bacterial and fungal communities of PEN. Because our study focused on transgenic poplar planted for 4 years, it will be necessary to monitor the microbial community continuously during the whole growth cycle of these transgenic poplars. In addition, more comprehensive sequencing technology, such as metagenomic sequencing technologies can be applied to microbial community research of transgenic plants.



Microbial Community Structure Across Habitats

Microbes show strong environmental selection, and the microbial communities in plant roots differ from those in the rhizosphere. We observed significant differences in microbial communities in different ecological regions of PEN. The richness and diversity of soil bacterial and fungal communities were significantly higher in rhizosphere soil than in roots and phloem, and the differences between the root and phloem communities were relatively small. The same niche differentiation has been reported in poplar, cactus, and willow (Fonseca-García et al., 2016; Tardif et al., 2016; Beckers et al., 2017; Cregger et al., 2018). Different plant tissues can contain different endophytic communities (Cregger et al., 2018). Johnston-Monje and Raizada labeled endophytes with green fluorescent protein (GFP) and found that endophytes can be transported from seeds to the roots and stems of plants; in addition, endophytes injected into stems entered the roots and rhizosphere, indicating that there may be continuous movement of organisms throughout the whole root microbial community (Johnston-Monje and Raizada, 2011). There is an abundant microbial population in the soil, with some bacteria able to actively or passively travel through the endodermis and pericycle to the xylem vessels and eventually colonize the plant (Hardoim et al., 2008). Most endophytes that promote plant growth belong to this category, and it is speculated that the endophytic microorganisms in the root and phloem of PEN also have certain communicative activities, and therefore the microbial communities were similar. In this study, the factors controlling variation in bacterial and fungal communities differed in different tissues. In bacterial communities, diversity and evenness significantly differed in roots and phloem, while there were no significant differences in fungal communities. This may be related to the community characteristics of bacteria and fungi. Fungi are more resistant to dryness, and there is usually a tendency for the same species to be present in different tissues of a host plant (Tardif et al., 2016). Previous studies have shown that the bacterial richness of transgenic poplar is higher in roots than in stems (Cregger et al., 2018); in our study, bacterial richness and diversity were greater in phloem than in roots, which may be related to the sampling density and sampling range of roots. The greater the sampling density, the higher the diversity of microorganisms. Because roots have various functions, there may be differences in the numbers of microorganisms present in the different root-diameter ranges of the poplar trees.

The bacterial community in rhizosphere soil was dominated by Proteobacteria, while Firmicutes and Actinobacteria were also abundant. Proteobacteria was also dominant in roots and phloem and is a common phylum in ecosystem sequencing surveys. The ratio of Proteobacteria to Acidobacteria is considered an index of the soil nutrition level (Hardoim et al., 2008; Castro et al., 2010). In this study, the ratio of Proteobacteria to Acidobacteria is 11.11. Eutrophic soil is conducive to the development of Proteobacteria, while nutrient-deficient soil is conducive to the growth of Acidobacteria. In the rhizosphere soil of Trifolium repens and Lolium perenne, the presence of Proteobacteria is considered related to eutrophication conditions (Marilley and Aragno, 1999). Many other factors may influence the ratio of Proteobacteria to Acidobacteria. For example, the relative abundance of Acidobacteria in soil has been proven to be related to soil pH (Castro et al., 2010) and relative humidity (Wang et al., 2007). Jin et al. (2014) identified Bacteroides in stems and leaves but not in root samples. Our results are similar with Yang et al. (2017) that Sclerenchyma and Bacteroides were more abundant in the endophytic community of leaves than in root samples. The abundances of Bacteroides and thick-walled fungi were higher in stems than in roots, which may be related to niche preference and may also be controlled by the plants themselves. Microorganisms perform a redox process through the global carbon and nitrogen cycle displaying consortium dynamics (McInerney et al., 2009), i.e., they cooperate in networks, supplying each other with critical nutrients for growth and survival. In this study, nitrogen-fixing bacteria were highly abundant in rhizosphere soil and roots, hydrogen-oxidizing bacteria and denitrification bacteria were present mainly in plant tissues, and nitrification bacteria were present mainly in rhizosphere soil, which may be related to environmental selection and plant requirements (Winder et al., 2013). We speculate that this is a healthy distribution pattern, and nitrogen is a limiting nutrient for plant growth in many soil ecosystems. Nitrifying bacteria in the soil can easily form nitrate, which becomes a nutrient substance that can be absorbed and utilized by plants, which is conducive to the normal growth of organisms. Denitrification causes nitrogen loss and produces nitrous oxide, which is a greenhouse gas. In this study, the low number of denitrifying bacteria in rhizosphere soil was beneficial to maintaining the AN for plants and reducing the negative impact on the environment (Philippot et al., 2007). As a kind of growth-promoting bacteria in the rhizosphere, hydroxide bacteria can synthesize indoleacetic acid, which is adsorbed on the surface of roots and then utilized by plants. At the same time, it can stimulate cell proliferation and growth (Winder et al., 2013) together with endogenous indoleacetic acid in plants. The greater number of hydrogen-oxidizing bacteria in the endogenous tissue of Populus deltoides may enhance its own growth and development.

The dominant fungi were Sordariomycetes, Dothideomycetes, and Mucoromycetes. Mucoromycetes were present mainly in endophytic tissues (Wanasinghe et al., 2018). Sordariomycetes is a class of ubiquitous fungi worldwide found in almost all ecosystems and includes pathogens, plant endophytes, animal pathogens, and fungal parasites (Maharachchikumbura et al., 2016). A previous study reported that the dominant fungi in the stem of poplar is Dothideomycetes, while there are no Mucoromycetes (Wang et al., 2019). There has been little research on the role of Mucoromycetes in plants. Mucoromycetes and Glomeromycetes are homologous strains (Rimington et al., 2015), while Glomeromycetes can form mycorrhizae in most plants. One study showed that Mucoromycetes have a symbiotic relationship with lower terrestrial plants, such as liverworts, hornworts, and lycopods (Lin et al., 2014). With functional information, it can be predicted how a fungal population will respond to changes in the environment. Among most higher plants, poplar is unusual in that it can combine with the endomycorrhizae of Ballycotina but also coexist with the ectomycorrhizae of Ascomycotina and Basidiomycorrhiza. These mycorrhizal fungi (including arbuscular mycorrhizae and ectomycorrhizae) can easily colonize the roots of poplar (Vozzo and Hacskayl, 1974; Baum and Makeschin, 2015). However, less than 2% of the fungi in this study were classified as mycorrhizae, and most were pathogenic and saprophytic fungi. There were many reasons for the low number of mycorrhizae. Some common chemicals in poplar can trigger the growth of fungal pathogens, while a large number of pathogens hinder mycorrhizal colonization (Cregger et al., 2018). On the other hand, large inputs of nitrogen (Peay et al., 2016), excessive levels of AP (Rozek et al., 2018), and saprophytic bacteria may also lead to a decrease in the abundance of ectomycorrhizal fungi.



Influence of Environmental Factors on the Microbial Community

Various climatic factors and their interactions can change the characteristics and processes of ecosystems, thus directly or indirectly affecting microbial communities (Podolich et al., 2015; Whitaker et al., 2018). In this study, the bacterial community in the rhizosphere soil of PEN changed substantially between seasons, with significant changes in the abundances of Actinobacteria, Proteobacteria, and Acidobacteria, while endogenous bacteria were relatively stable, which may be caused by seasonal fluctuations in the physical and chemical properties of the soil. Rhizosphere microorganisms are in direct contact with the soil, and therefore the bacterial community is greatly affected by the soil’s physical and chemical properties (Yaish et al., 2016; Thiem et al., 2018). A study on transgenic Brassica napus L. in five field sites showed that there were differences in the endophytic bacterial communities among the different sites (Dunfield and Germida, 2001), and pH and soil OM content may have significant effects on the endophytic microbial community of poplar (Wang et al., 2019). One study found that pH was the best predictor of changes in soil bacterial communities, with a reported gradient change in the abundance of Acinetobacter and Actinomycetes (Hartman et al., 2008). A study on an 80-mile-long coniferous forest in a coastal zone with land uplift found a strong correlation between OM characteristics and the structure of the vegetation and microbial communities (Merilä et al., 2010). In our study, the pH value of rhizosphere soil was positively correlated with actinomycetes, salt content (TS, EC) was positively correlated with many phyla such as Acidobacteria, and AN also affected the abundance of multiple genera including Sphingomonas (White et al., 1996). A new microbial resource, Sphingomonas, is the main strain used to degrade aromatic pollutants, and it has broad application prospects in the field of environmental pollution control and biotechnology. In endogenous tissues, soil physicochemical properties affect relatively few bacterial genera, the root system is affected mainly by OM content, and phloem is affected by AN. Fungal communities are fundamentally different from bacterial communities and are usually more sensitive to the regional climate edaphic and spatial variables (Tedersoo et al., 2014; Peay et al., 2016). Available water is one of the most important environmental conditions that determine the diversity and composition of fungi. Adequate water content is very important to maintain cell expansion pressure, which is necessary for the expansion of hyphae and the diffusion and absorption of resources through cell membranes. Studies have shown that fungal richness is positively correlated with water-related climate variables (such as annual precipitation and potential evapotranspiration) (Pellissier et al., 2014). Available nutrient resources are also an important driving factor of fungal diversity. Compared to bacteria, fungi are more tolerant of acidic conditions and less sensitive to changes in pH values (Rousk et al., 2009). In this study, we found that OM content affected mainly rhizosphere endophytes, and pH values were negatively correlated with Fusarium. Fusarium is an important fungus that is widely distributed in plants and soil and can cause diseases in many commercial crops such as melon, pepper, potato, and tomato. It is also the cause of pink ear rot in rice and corn (Leslie et al., 2007). The salt content of soil affects mainly phloem endophytes, including Aureobasidium pullulans (Chi et al., 2009), an important yeast that can produce melanin in biotechnological applications. It has an inhibitory effect on Aureobasidium in phloem.




CONCLUSION

A field experiment was conducted under the background of natural variation. Based on 16S rDNA and ITS amplicon sequencing, the responses of rhizosphere soil and endogenous microorganisms of PEN to transgenic events were studied. The results show that the diversity and evenness of the bacterial microbial community were significantly greater than those of the fungal community, and fungi had greater local environmental heterogeneity than did bacteria. Habitats and seasonal changes were the major driving factors of changes in microbial communities, and microbial community richness in rhizosphere soil, roots, and phloem of PEN was not affected by transgenic events.



DATA AVAILABILITY STATEMENT

The datasets presented in this study can be found in online repositories. The names of the repository/repositories and accession number(s) can be found below: National Center for Biotechnology Information (NCBI), Sequence Read Archive (SRA) database; PRJNA786956 (or SAR17186426–SAR17186587r).



AUTHOR CONTRIBUTIONS

MY designed the study. YH, YD, and YR collected and prepared samples for amplicon sequencing. YH, YD, YR, SW, and YL performed statistical analysis and visualization. YH, XL, and YD wrote the original draft. KD reviewed the manuscript. XL revised the manuscript. MY wrote, reviewed, and edited the manuscript. All authors read and approved the final manuscript.



FUNDING

This study was supported by the Province Key Research and Development Program of Hebei (Grant No. 21326301D), the program in Science and Technology Development Center of State Forestry and Grassland Administration (KJZXSA202001), and the Talents Special Fund of Hebei Agricultural University (YJ2021028).



ACKNOWLEDGMENTS

The authors would like to thank Mancheng District Nursery Field for providing the planting site, as well as Guangzhou Genedenovo Biotechnology Co., Ltd. for assisting in sequencing analysis. The English in this document has been checked by at least two professional editors, both native speakers of English. For a certificate, please see: http://www.textcheck.com/certificate/m7FwYr.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fmicb.2021.805261/full#supplementary-material



REFERENCES

Andreote, F. D., Mendes, R., Dini-Andreote, F., Rossetto, P. B., Labate, C. A., Pizzirani-Kleiner, A. A., et al. (2008). Transgenic tobacco revealing altered bacterial diversity in the rhizosphere during early plant development. Antonie Van Leeuwenhoek 93, 415–424. doi: 10.1007/s10482-007-9219-6

Ankenbrand, M. J., Keller, A., Wolf, M., Schultz, J., and Förster, F. (2015). ITS2 Database V: Twice as Much. Mol. Biol. Evol. 32, 3030–3032. doi: 10.1093/molbev/msv174

Baum, C., and Makeschin, F. (2015). Effects of nitrogen and phosphorus fertilization on mycorrhizal formation of two poplar clones (Populus trichocarpa and P. tremula x tremuloides). J. Plant Nutr. Soil Sci. 163, 491–497.

Beckers, B., Op De Beeck, M., Thijs, S., Weyens, N., Boerjan, W., and Vangronsveld, J. (2016). Performance of 16S rDNA primer pairs in the study of rhizosphere and endosphere bacterial microbiomes in metabarcoding studies. Front. Microbiol. 7:650. doi: 10.3389/fmicb.2016.00650

Beckers, B., Op De Beeck, M., Weyens, N., Boerjan, W., and Vangronsveld, J. (2017). Structural variability and niche differentiation in the rhizosphere and endosphere bacterial microbiome of field-grown poplar trees. Microbiome 5:25. doi: 10.1186/s40168-017-0241-2

Brockett, B. F. T., Prescott, C. E., and Grayston, S. J. (2012). Soil moisture is the major factor influencing microbial community structure and enzyme activities across seven biogeoclimatic zones in western Canada. Soil Biol. Biochem. 44, 9–20. doi: 10.1016/j.soilbio.2011.09.003

Bruinsma, M., Kowalchuk, G. A., and van Veen, J. A. (2003). Effects of genetically modified plants on microbial communities and processes in soil. Biol. Fertil. Soils 37, 329–337. doi: 10.1007/s00374-003-0613-6

Bue, M., Reich, M., Murat, C., Morin, E., Nilsson, R. H., Uroz, S., et al. (2009). 454 Pyrosequencing analyses of forest soils reveal an unexpectedly high fungal diversity. New Phytol. 184, 449–456. doi: 10.1111/j.1469-8137.2009.03003.x

Caporaso, J. G., Kuczynski, J., Stombaugh, J., Bittinger, K., Bushman, F. D., Costello, E. K., et al. (2010). QIIME allows analysis of high-throughput community sequencing data. Nat. Methods 7, 335–336. doi: 10.1038/nmeth.f.303

Castro, H. F., Classen, A. T., Austin, E. E., Norby, R. J., and Schadt, C. W. (2010). Soil microbial community responses to multiple experimental climate change drivers. Appl. Environ. Microbiol. 76, 999–1007. doi: 10.1128/AEM.02874-09

Chi, Z. M., Wang, F., Chi, Z., Yue, L. X., Liu, G. L., and Zhang, T. (2009). Bioproducts from Aureobasidium pullulans, a biotechnologically important yeast. Appl. Microbiol. Biotechnol. 82, 793–804. doi: 10.1007/s00253-009-1882-2

Cotta, S. R., Dias, A. C., Marriel, I. E., Andreote, F. D., Seldin, L., and van Elsas, J. D. (2014). Different effects of transgenic maize and nontransgenic maize on nitrogen-transforming archaea and bacteria in tropical soils. Appl. Environ. Microb. 80, 6437–6445. doi: 10.1128/AEM.01778-14

Cregger, M. A., Veach, A. M., Yang, Z. K., Crouch, M. J., Vilgalys, R., Tuskan, G. A., et al. (2018). The Populus holobiont: dissecting the effects of plant niches and genotype on the microbiome. Microbiome 6:31. doi: 10.1186/s40168-018-0413-8

da Silva, K. J., de Armas, R. D., Soares, C. R., and Ogliari, J. B. (2016). Communities of endophytic microorganisms in different developmental stages from a local variety as well as transgenic and conventional isogenic hybrids of maize. World J. Microbiol. Biotechnol. 32:189. doi: 10.1007/s11274-016-2149-6

Danielsen, L., Thürmer, A., Meinicke, P., Bué, M., Morin, E., Martin, F., et al. (2012). Fungal soil communities in a young transgenic poplar plantation form a rich reservoir for fungal root communities. Ecol. Evol. 2, 1935–1948. doi: 10.1002/ece3.305

Dohrmann, A. B., Küting, M., Jünemann, S., Jaenicke, S., Schlüter, A., and Tebbe, C. C. (2013). Importance of rare taxa for bacterial diversity in the rhizosphere of Bt- and conventional maize varieties. ISME J. 7, 37–49. doi: 10.1038/ismej.2012.77

Dunfield, K. E., and Germida, J. J. (2001). Diversity of bacterial communities in the rhizosphere and root interior of field-grown genetically modified Brassica napus. FEMS Microbiol. Ecol. 38, 1–9. doi: 10.1111/j.1574-6941.2001.tb00876.x

Edgar, R. C. (2004). Muscle: multiple sequence alignment with high accuracy and high throughput. Nucleic Acids Res. 32, 1792–1797. doi: 10.1093/nar/gkh340

Edgar, R. C. (2013). UPARSE: highly accurate OTU sequences from microbial amplicon reads. Nat. Methods 10, 996–998. doi: 10.1038/NMETH.2604

Filion, M. (2008). Do transgenic plants affect rhizobacteria populations? Microb. Biotechnol. 1, 463–475. doi: 10.1111/j.1751-7915.2008.00047.x

Fonseca-García, C., Coleman-Derr, D., Garrido, E., Visel, A., Tringe, S. G., and Partida-Martínez, L. P. (2016). The cacti microbiome: interplay between habitat-filtering and host-specificity. Front. Microbiol. 7:150. doi: 10.3389/fmicb.2016.00150

Gaiero, J. R., McCall, C. A., Thompson, K. A., Day, N. J., and Dunfield, K. E. (2013). Inside the root microbiome: bacterial root endophytes and plant growth promotion. Am. J. Bot. 100, 1738–1750. doi: 10.3732/ajb.1200572

Guan, Z. J., Lu, S. B., Huo, Y. L., Guan, Z. P., Liu, B. A., Wei, W., et al. (2016). Do genetically modified plants affect adversely on soil microbial communities? Agric. Ecosyst. Environ. 235, 289–305. doi: 10.1016/j.agee.2016.10.026

Hallmann, J. A., Quadt-Hallmann, A., Mahaffee, W. F., and Kloepper, J. W. (2011). Endophytic bacteria in agricultural crops. Can. J. Microbiol. 43, 895–914. doi: 10.1139/m97-131

Hardoim, P. R., van Overbeek, V. S., and Elsas, J. D. (2008). Properties of bacterial endophytes and their proposed role in plant growth. Trends Microbiol. 16, 463–471. doi: 10.1016/j.tim.2008.07.008

Hartman, W. H., Richardson, C. J., Vilgalys, R., and Bruland, G. L. (2008). Environmental and anthropogenic controls over bacterial communities in wetland soils. Proc. Natl. Acad. Sci. U.S.A. 105, 17842–17847. doi: 10.1073/pnas.0808254105

Hinchliff, C. E., Smith, S. A., Allman, J. F., Burleigh, J. G., Chaudhary, R., Coghill, L. M., et al. (2015). Synthesis of phylogeny and taxonomy into a comprehensive tree of life. Proc. Natl. Acad. Sci. U.S.A. 112, 12764–12769. doi: 10.1073/pnas.1423041112

Jin, H., Yang, X. Y., Yan, Z. Q., Liu, Q., Li, X. Z., Chen, J. X., et al. (2014). Characterization of rhizosphere and endophytic bacterial communities from leaves, stems and roots of medicinal Stellera chamaejasme L. Syst. Appl. Microbiol. 37, 376–385. doi: 10.1016/j.syapm.2014.05.001

Johnston-Monje, D., and Raizada, M. N. (2011). Conservation and diversity of seed associated endophytes in Zea across boundaries of evolution, ethnography and ecology. PLoS One 6:e20396. doi: 10.1371/journal.pone.0020396

Krings, M., Taylor, T. N., Hass, H., Kerp, H., Dotzler, N., and Hermsen, E. J. (2007). Fungal endophytes in a 400-million-yr-old land plant: infection pathways, spatial distribution, and host responses. New Phytol. 174, 648–657. doi: 10.1111/j.1469-8137.2007.02008.x

Leslie, J. F., Summerell, B. A., and Bullock, S. (2007). The Fusarium Laboratory Manual. Oxford: Wiley-Blackwell.

Lin, K., Limpens, E., Zhang, Z. H., Ivanov, S., Saunders, D. G., Mu, D. S., et al. (2014). Single nucleus genome sequencing reveals high similarity among nuclei of an endomycorrhizal fungus. PLoS Genet. 10:e1004078. doi: 10.1371/journal.pgen.1004078

Liu, D. Y., Zhang, J., Dong, Y., Zhang, X., Yang, M. S., and Gao, B. J. (2016). Genetic transformation and expression of Cry1Ac–Cry3A–NTHK1 genes in Populus×euramericana “Neva”. Acta Physiol. Plant. 38, 1–11. doi: 10.1007/s11738-016-2195-6

Lozupone, C., and Knight, R. (2005). UniFrac: a new phylogenetic method for comparing microbial communities. Appl. Environ. Microbiol. 71, 8228–8235. doi: 10.1128/AEM.71.12.8228-8235.2005

Lynch, J. M., Benedetti, A., Insam, H., Nuti, M. P., Smalla, K., Torsvik, V., et al. (2005). Microbial diversity in soil: ecological theories, the contribution of molecular techniques and the impact of transgenic plants and transgenic microorganisms. Biol. Fertil. Soils 40, 363–385. doi: 10.1007/s00374-004-0784-9

Maharachchikumbura, S., Hyde, K. D., Jones, E., McKenzie, E. H. C., Bhat, J. D., Dayarathne, M. C., et al. (2016). Families of sordariomycetes. Fungal Divers. 79, 311–317. doi: 10.1007/s13225-016-0369-6

Marilley, L., and Aragno, M. (1999). Phylogenetic diversity of bacterial communities differing in degree of proximity of Lolium perenne and Trifolium repens roots. Appl. Soil Ecol. 13, 127–136. doi: 10.1016/S0929-1393(99)00028-1

McInerney, M. J., Sieber, J. R., and Gunsalus, R. P. (2009). Syntrophy in anaerobic global carbon cycles. Curr. Opin. Biotechnol. 20, 623–632. doi: 10.1016/j.copbio.2009.10.001

Merilä, P., Malmivaara-Lämsä, M., Spetz, P., Stark, S., Vierikko, K., Derome, J., et al. (2010). Soil organic matter quality as a link between microbial community structure and vegetation composition along a successional gradient in a boreal forest. Appl. Soil. Ecol. 46, 259–267. doi: 10.1016/j.apsoil.2010.08.003

Moisan, K., Raaijmakers, J. M., Dicke, M., Lucas-Barbosa, D., and Cordovez, V. (2021). Volatiles from soil-borne fungi affect directional growth of roots. Plant Cell Environ. 44, 339–345. doi: 10.1111/pce.13890

Motavalli, P. P., Kremer, R. J., Fang, M., and Means, N. E. (2004). Impact of genetically modified crops and their management on soil microbially mediated plant nutrient transformations. J. Environ. Qual. 33, 816–824. doi: 10.2134/jeq2004.0816

Nguyen, N. H., Song, Z. W., Bates, S. T., Branco, S., Tedersoo, L., and Menke, J. (2016). FUNGuild: an open annotation tool for parsing fungal community datasets by ecological guild. Fungal Ecol. 20, 241–248. doi: 10.1016/j.funeco.2015.06.006

Nimusiima, J., Köberl, M., Tumuhairwe, J. B., Kubiriba, J., Staver, C., and Berg, G. (2015). Transgenic banana plants expressing Xanthomonas wilt resistance genes revealed a stable non-target bacterial colonization structure. Sci. Rep. 5:18078. doi: 10.1038/srep18078

Oksanen, J., Blanchet, F. G., Kindt, R., Legendre, P., and Simpson, G. L. (2011). Vegan: Community Ecology Package. R Package Version 1.17-6. The Comprehensive R Archive Network website.

Oliver, K. L., Hamelin, R. C., and Hintz, W. E. (2008). Effects of transgenic hybrid aspen over-expressing polyphenol oxidase on rhizosphere diversity. Appl. Environ. Microbiol. 74, 5340–5348. doi: 10.1128/AEM.02836-07

Ownley, B. H., Gwinn, K. D., and Vega, F. E. (2010). Endophytic fungal entomopathogens with activity against plant pathogens: ecology and evolution. Biocontrol 55, 113–128. doi: 10.1007/s10526-009-9241-x

Pandit, A., Adholeya, A., Cahill, D., Brau, L., and Kochar, M. (2020). Microbial biofilms in nature: unlocking their potential for agricultural applications. J. Appl. Microbiol. 129, 199–211. doi: 10.1111/jam.14609

Peay, K. G., Kennedy, P. G., and Talbot, J. M. (2016). Dimensions of biodiversity in the Earth mycobiome. Nat. Rev. Microbiol. 14, 434–447. doi: 10.1038/nrmicro.2016.59

Pellissier, L., Niculita-Hirzel, H., Dubuis, A., Pagni, M., Guex, N., Ndiribe, C., et al. (2014). Soil fungal communities of grasslands are environmentally structured at a regional scale in the Alps. Mol. Ecol. 23, 4274–4290. doi: 10.1111/mec.12854

Philippot, L., Hallin, S., and Schloter, M. (2007). Ecology of denitrifying prokaryotes in agricultural soil. Adv. Agron. 96, 249–305. doi: 10.1016/S0065-2113(07)96003-4

Podolich, O., Ardanov, P., Zaets, I., Pirttilä, A. M., and Kozyrovska, N. (2015). Reviving of the endophytic bacterial community as a putative mechanism of plant resistance. Plant Soil 388, 367–377. doi: 10.1007/s11104-014-2235-1

Price, M. N., Dehal, P. S., and Arkin, A. P. (2010). FastTree 2-approximately maximum-likelihood trees for large alignments. PLoS One 5:e9490. doi: 10.1371/journal.pone.0009490

Pruesse, E., Quast, C., Knittel, K., Fuchs, B. M., Ludwig, W., Peplies, J., et al. (2007). SILVA: a comprehensive online resource for quality checked and aligned ribosomal RNA sequence data compatible with ARB. Nucleic Acids Res. 35, 7188–7196. doi: 10.1093/nar/gkm864

Revelle, W. (2013). psych: Procedures for Psychological, Psychometric, and Personality Research. Available online at: http://cran.r-project.org/package=psych (accessed November, 2020).

Rimington, W. R., Pressel, S., Duckett, J. G., and Bidartondo, M. I. (2015). Fungal associations of basal vascular plants: reopening a closed book? New Phytol. 205, 1394–1398. doi: 10.1111/nph.13221

Rousk, J., Brookes, P. C., and Bååth, E. (2009). Contrasting soil pH effects on fungal and bacterial growth suggest functional redundancy in carbon mineralization. Appl. Environ. Microbiol. 75, 1589–1596.

Rozek, K., Rola, K., Blaszkowski, J., and Zubek, S. (2018). Associations of root-inhabiting fungi with herbaceous plant species of temperate forests in relation to soil chemical properties. Sci. Total Environ. 649, 1573–1579. doi: 10.1016/j.scitotenv.2018.08.350

Siciliano, S. D., and Germida, J. J. (2010). Taxonomic diversity of bacteria associated with the roots of field-grown transgenic Brassica napus cv. Quest, compared to the non-transgenic B. napus cv. Excel and B. rapa cv. Parkland. FEMS Microbiol. Ecol. 29, 263–272. doi: 10.1111/j.1574-6941.1999.tb00617.x

Sun, J. J., Yin, J. D., Xie, Y. H., Yang, Y. L., Shu, X. W., and Liu, B. D. (2010). Microbial ecological characteristics of saline-alkali soil in coastal area of Tianjin. J. Nanjing For. Univ. 34, 57–61. doi: 10.3724/SP.J.1238.2010.00474

Tardif, S., Yergeau, E., Tremblay, J., Legendre, P., Whyte, L. G., and Greer, C. W. (2016). The willow microbiome is influenced by soil petroleum-hydrocarbon concentration with plant compartment-specific effects. Front. Microbiol. 7:1363. doi: 10.3389/fmicb.2016.01363

Tedersoo, L., Bahram, M., Põlme, S., Kõljalg, U., Yorou, N. S., Wijesundera, R., et al. (2014). Global diversity and geography of soil fungi. Science 346:1256688. doi: 10.1126/science.1256688

Tesfaye, M., Dufault, N. S., Dornbusch, M. R., Allan, D. L., Vance, C. P., and Samac, D. A. (2003). Influence of enhanced malate dehydrogenase expression by alfalfa on diversity of rhizobacteria and soil nutrient availability. Soil Biol. Biochem. 35, 1103–1113. doi: 10.1016/S0038-0717(03)00162-7

Thiem, D., Gołebiewski, M., Hulisz, P., Piernik, A., and Hrynkiewicz, K. (2018). How does salinity shape bacterial and fungal microbiomes of Alnus glutinosa roots? Front. Microbiol. 9:651. doi: 10.3389/fmicb.2018.00651

Timm, C. M., Pelletier, D. A., Jawdy, S. S., Gunter, L. E., Henning, J. A., Engle, N., et al. (2016). Two poplar-associated bacterial isolates induce additive favorable responses in a constructed plant-microbiome system. Front. Plant Sci. 7:497. doi: 10.3389/fpls.2016.00497

Toju, H., Tanabe, A. S., Yamamoto, S., and Sato, H. (2012). High-coverage ITS primers for the DNA-based identification of ascomycetes and basidiomycetes in environmental samples. PLoS One 7:e40863. doi: 10.1371/journal.pone.0040863

van Reeuwijk, L. P. (2006). Procedures for Soil Analysis. Wageningen: International Soil Reference and Information Centre.

Vandenkoornhuyse, P., Quaiser, A., Duhamel, M., Van, A. L., and Dufresne, A. (2015). The importance of the microbiome of the plant holobiont. New Phytol. 206, 1196–1206. doi: 10.1111/nph.13312

Vozzo, J. A., and Hacskayl, E. (1974). Endomycorrhizal and ectomycorrhizal associations in 5 Populus species. Bull. Torrey Bot. Club. 101, 182–186. doi: 10.2307/2484641

Wanasinghe, D. N., Chayanard, P., Hyde, K. D., Rajesh, J., Burm, L. H., Garet, J., et al. (2018). Fungal diversity notes 709–839: taxonomic and phylogenetic contributions to fungal taxa with an emphasis on fungi on rosaceae. Fungal Divers. 89, 231–236. doi: 10.1007/s13225-018-0395-7

Wang, G. Y., Dong, Y., Liu, X. J., Yao, G. S., Yu, X. Y., and Yang, M. S. (2018). The current status and development of insect-resistant genetically engineered poplar in China. Front. Plant Sci. 9:1408. doi: 10.3389/fpls.2018.01408

Wang, Q., Garrity, G. M., Tiedje, J. M., and Cole, J. R. (2007). Naive Bayesian classifier for rapid assignment of rRNA sequences into the new bacterial taxonomy. Appl. Environ. Microbiol. 73, 5261–5267. doi: 10.1128/AEM.00062-07

Wang, Y. B., Zhang, W. X., Ding, C. J., Zhang, B. Y., Huang, Q. J., Huang, R. F., et al. (2019). Endophytic communities of transgenic poplar were determined by the environment and niche rather than by transgenic events. Front. Microbiol. 10:588. doi: 10.3389/fmicb.2019.00588

Watt, M., Hugenholtz, P., White, R., and Vinall, K. (2006). Numbers and locations of native bacteria on fieldgrown wheat roots quantified by fluorescence in situ hybridization (FISH). Environ. Microbiol. 8, 871–884. doi: 10.1111/j.1462-2920.2005.00973.x

Whitaker, B. K., Reynolds, H. L., and Clay, K. (2018). Foliar fungal endophyte communities are structured by environment but not host ecotype in Panicum virgatum (switchgrass). Ecology 99, 2703–2711. doi: 10.1002/ecy.2543

White, D. C., Sutton, S. D., and Ringelberg, D. B. (1996). The genus Sphingomonas: physiology and ecology. Curr. Opin. Biotechol. 7, 301–306. doi: 10.1016/S0958-1669(96)80034-6

Wilson, D. (1995). Endophyte — the evolution of a term, and clarification of its use and definition. Oikos 73, 274–276.

Winder, R. S., Lamarche, J., Constabel, C. P., and Hamelin, R. C. (2013). The effects of high-tannin leaf litter from transgenic poplars on microbial communities in microcosm soils. Front. Microbiol. 4:290. doi: 10.3389/fmicb.2013.00290

Yaish, M. W., Al-Lawati, A., and Jana, G. A. (2016). Vishwas Patankar H, Glick BR. Impact of soil salinity on the structure of the bacterial endophytic community identified from the roots of Caliph Medic (Medicago truncatula). PLoS One 8:e0159007. doi: 10.1371/journal.pone.0159007

Yang, R. L., Wang, A. X., Zhang, J., Dong, Y., Yang, M. S., and Wang, J. M. (2016). Genetic transformation and expression of transgenic lines of Populus x euramericana with insect-resistance and salt-tolerance genes. Genet. Mol. Res. 15:gmr8635. doi: 10.4238/gmr.15028635

Yang, R. X., Liu, P., and Ye, W. Y. (2017). Illumina-based analysis of endophytic bacterial diversity of tree peony (Paeonia Sect. Moutan) roots and leaves. Braz. J. Microbiol. 48, 695–705. doi: 10.1016/j.bjm.2017.02.009

Yu, T. W., Gutknecht, J., Nadrowski, K., Geißler, C., Kühn, P., Scholten, T., et al. (2012). Relationships between soil Microorganisms, slant communities, and soil characteristics in Chinese subtropical forests. Ecosystems 15, 624–636. doi: 10.1007/s10021-012-9533-3

Zuo, L., Yang, R., Zhen, Z., Liu, J., Huang, L., and Yang, M. (2018). A 5-year field study showed no apparent effect of the Bt transgenic 741 poplar on the arthropod community and soil bacterial diversity. Sci. Rep. 8:1956. doi: 10.1038/s41598-018-20322-3


Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Publisher’s Note: All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.

Copyright © 2022 Huang, Dong, Ren, Wang, Li, Du, Lin and Yang. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.


OPS/images/fmicb-12-805261-g001.jpg
Shannon diversity index

N

O =~ N W » 00 O N

Fungi *

Soil Root

Phloem Jun

Pielou’s evenness index

Fungi -

Soil

Root

Phloem






OPS/images/fmicb-12-805261-g006.jpg
Bacteria

Soil vs Root vs phloem |

Jun vs Aug vs Oct

CK vs Al vs Bl

@ Acidobacteria

@ Actinobacteria
@ Armatimonadetes
@ Bacteroidetes

@ Chlamydiae

@ Chloroflexi

@ Deinococcus-Thermus
@ Dependentiae

@ Elusimicrobia

@ Entotheonellaeota

@ Gemmatimonadetes

@ Ascomycota

@ Anthophyta

@ Basidiomycota

@ Chlorophyta

@ Chytridiomycota
@ Glomeromycota
@ Mortierellomycota
@® Mucoromycota
@ Olpidiomycota
@ Others

@ Halanaerobiaeota
@ Hydrogenedentes
@ Kiritimatiellaeota
@ Latescibacteria
@ Nitrospirae

@ Omnitrophicaeota
« Others

@ Patescibacteria
@ Planctomycetes
@ Proteobacteria
@ Rokubacteria

@ Spirochaetes

@ Tenericutes

@ Thaumarchaeota
@ Verrucomicrobia

W Soil
* Root
K Phloem
* Jun
W Aug
* Oct
% CK
w Al

% BI





OPS/images/cross.jpg
3,

i





OPS/xhtml/Nav.xhtml




Contents





		Cover



		Niches and Seasonal Changes, Rather Than Transgenic Events, Affect the Microbial Community of Populus × euramericana ‘Neva’



		INTRODUCTION



		MATERIALS AND METHODS



		Site Description and Sampling



		Processing of Samples



		Extraction of DNA and Illumina MiSeq Sequencing



		Soil Description and Analysis



		Statistical Analysis







		RESULTS



		Microbial Community Richness and Diversity Patterns



		Site Chemical Characteristics



		Microbial Community Composition



		Identification of Shared Operational Taxonomic Units and Indicator Species Analysis



		Distribution of Functional Groups







		DISCUSSION



		Effects of Gene Transformation on the Microbial Community



		Microbial Community Structure Across Habitats



		Influence of Environmental Factors on the Microbial Community







		CONCLUSION



		DATA AVAILABILITY STATEMENT



		AUTHOR CONTRIBUTIONS



		FUNDING



		ACKNOWLEDGMENTS



		SUPPLEMENTARY MATERIAL



		REFERENCES

















OPS/images/fmicb-12-805261-g007.jpg
Fungi

Bacteria
Enriched OTUs
J avg_ra
) . @ Jun
ro: ® Aug
® 3.40 ® Oct
@ 651 -+
) o A1
OI o B1
none
20
Q_0
S
N oB1
avg_ra
e 0.01 avg_ra
® 24.38 g
s @ 18.71
@742
Root
" 20
0
N v 0
S
s B1
e avg_ra
e (O .
o0 ® 15.96
A @ 31.91
Phloem
\ 0
D ¢ , 0
S S
w B1






OPS/images/fmicb-12-805261-g008.jpg
P
. .
N 4
cl.“‘.
¢ 9
L4
o0
o
b S
L ©
. % e
: .0 : .
'S J

Denitrifying genera

Max

Q
Q
=
]
9
=
3
o
<

Scaled
Abundance
Scaled

Soil Root

Phloem

=
)
x

Scaled

Scaled
Abundance
Abundance

Soil Root Phloem

Module 1
Module 14
Module 3
Module 8
Module 19
Module 4
Module 20
Module 5

Nitrifying genera

I\

Nitrogen-fixing bacteria

-\

Soil Root Phloem

®6CK
@ 6-A1
© 6-B1
0 8CK
® 3-A1
® 3-B1
®10-CK
@®10-A1
@ 10-B1





OPS/images/fmicb-12-805261-g009.jpg
Scaled
Abundance

Soil

Root

Phloem

6-CK
6-A1
6-B1
8-CK
8-A1
8-B1
10-CK
® 10-A1
® 10-B1

- Pathotroph
- saprotrophs
- symbiotroph





OPS/images/fmicb-12-805261-g002.jpg
S6-CK
S6-Al
S6-B1
S8-CK
S8-Al
S8-B1
S10-CK
S10-A1
S10-B1
R6-CK
R6-Al
R6-B1
R8-CK
R8-Al
R8-B1
R10-CK
R10-Al
R10-BI
P6-CK
P6-Al
P6-B1
P8-CK
P8-Al
P8-B1
P10-CK
" PI0-Al
¢ P10-BI

|

e
O O H O OORBRO < SEHOOEOGOOEOIEO®OONERD

Bacteria Fungi

2 24

T

Y
_| 5
2R RBRERS =8 8RG8 5G
[ AN N NN SR N R S | S (S N | —
Height Height





OPS/images/fmicb-12-805261-g003.jpg
PC02(9.65%)

Bacteria

0.2

0.1 - °

0.0 - L
-0.1
-0.2
-0.3 - =]
-0.4 -

-0.5

i
e

PCo1(57.56%)

PC02(20.62%)

0.0+

-0.2-

0.4

& ’
4
l.’
"
o B
&
@
0& ’,
-0.2 0.0 0.2 04
PC01(30.95%)

@ S6-CK
W S6-A1
@ S6-B1
® ss8-cK
B ss-A1
& S8-B1
@® S10-CK
B S10-A1
¢ S10-B1
® R6-CK
B R6-A1
€ R6-B1
® R8-CK
B R8-A1
& R8-B1
~ R10-CK
~ R10-A1
~ R10-B1

® P6-CK
B P6-A1
& P6-B1
® P8-CK
B P8-A1
& P8-B1

P10-CK

P10-A1

- P10-B1





OPS/images/fmicb-12-805261-g004.jpg
A Bacteria

*

CCA2(21.12%)

S
=
S
<
o 6 -
Q
-8
<10 -
43 -
| T - T
-4 2 0
CCA1(48.24%)
Sphingomonas
Lautropia
Defli cus Rul‘mer
Oce“a 'V VMypo‘rium
Bacteria P
Vulgatibacter

it~ Soil

Polycyclovorans

Novosphingobium Hag " § .s“ ’ GIYOeeS'
et : N __Phyllobacterium

" %, S Acti

AO2 Allorhizobiy -Neorhiz‘ -Pararhizobium-Rhizobium

Candidatus_E

otheonella |Subgroup_10
Agromyces

Candidatus_Alysiosphaera

OM

Soil .
" Nemania

Gibberella

Phyllactinia

@ S6-CK ® P6-CK
W S6-A1 l P6-A1
& S6-B1 & P6-B1
® S8-CK ® P8-CK
M S8-A1 H P8-A1
& S8-B1 & P8-B1
® S10-CK  © P10-CK
@ S10-A1 ~ P10-A1
¢ S10-B1 < P10-B1
® R6-CK

l R6-A1

4 R6-B1

® R38-CK

B R8-A1

¢ R8-B1

© R10-CK

~ R10-A1

- R10-B1

CCA1(52.10%)

Sp.mium

Caulobacter

: Pereoacter
Comamonas

AP o4

EC

Staphylotrichum

Monosporascus

Cadophora

ella

Didtina
Pseudocércospora

AP

Aeromonas

Cohnella

Lysinibaci
Enterococcus

EC

Phloem

A‘Ium

Melampsora

Node Shape:

@ species

Y environment

Edge Type:

Node Size:

Positive

Negative

(species) abundance
. ° )

(

env) degree
Y





OPS/images/fmicb-12-805261-g005.jpg
A Bacteria

Bacteria

100

[l
S

(o))
o

5
S

3]
(=]

0

Soil Root Jun

Phloem

Bl

E=EEE=EE . Unclassified
Other
Planctomycetes
Nitrospirae
Verrucomicrobia
Gemmatimonadetes
Chloroflexi
Bacteroidetes
Acidobacteria
Actinobacteria
Firmicutes
Proteobacteria

Fungi

O H ¢ O H ¢ 0o m & O H 66 H ¢ | - oH OO

Soll Root Phloem

Jun -

: Unclassified

Other
Tremellomycetes
Mortierellomycetes
Malasseziomycetes

Dothideomycetes
Sordariomycetes

O CK
O Al
< Bl
@ Jun

0 Aug
O Oct

Soill

Root





OPS/images/cover.jpg
, frontiers
in Microbiology

Niches and Seasonal Changes,
Rather Than Transgenic Events,
Affect the Microbial Community
of Populus x euramericana
‘Neva’









OPS/images/logo.jpg
, frontiers
in Microbiology





