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Calcium signaling mediates proliferation of the precursor cells that give rise to the ciliated left-right organizer in the zebrafish embryo
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Several of our internal organs, including heart, lungs, stomach, and spleen, develop asymmetrically along the left-right (LR) body axis. Errors in establishing LR asymmetry, or laterality, of internal organs during early embryonic development can result in birth defects. In several vertebrates—including humans, mice, frogs, and fish—cilia play a central role in establishing organ laterality. Motile cilia in a transient embryonic structure called the “left-right organizer” (LRO) generate a directional fluid flow that has been proposed to be detected by mechanosensory cilia to trigger asymmetric signaling pathways that orient the LR axis. However, the mechanisms that control the form and function of the ciliated LRO remain poorly understood. In the zebrafish embryo, precursor cells called dorsal forerunner cells (DFCs) develop into a transient ciliated structure called Kupffer’s vesicle (KV) that functions as the LRO. DFCs can be visualized and tracked in the embryo, thereby providing an opportunity to investigate mechanisms that control LRO development. Previous work revealed that proliferation of DFCs via mitosis is a critical step for developing a functional KV. Here, we conducted a targeted pharmacological screen to identify mechanisms that control DFC proliferation. Small molecule inhibitors of the sarcoplasmic/endoplasmic reticulum Ca2+-ATPase (SERCA) were found to reduce DFC mitosis. The SERCA pump is involved in regulating intracellular calcium ion (Ca2+) concentration. To visualize Ca2+ in living embryos, we generated transgenic zebrafish using the fluorescent Ca2+ biosensor GCaMP6f. Live imaging identified dynamic cytoplasmic Ca2+ transients (“flux”) that occur unambiguously in DFCs. In addition, we report Ca2+ flux events that occur in the nucleus of DFCs. Nuclear Ca2+ flux occurred in DFCs that were about to undergo mitosis. We find that SERCA inhibitor treatments during DFC proliferation stages alters Ca2+ dynamics, reduces the number of ciliated cells in KV, and alters embryo laterality. Mechanistically, SERCA inhibitor treatments eliminated both cytoplasmic and nuclear Ca2+ flux events, and reduced progression of DFCs through the S/G2 phases of the cell cycle. These results identify SERCA-mediated Ca2+ signaling as a mitotic regulator of the precursor cells that give rise to the ciliated LRO.
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INTRODUCTION
Defects in establishing typical organ left-right (LR) asymmetry, known as situs solitus, during embryonic development can result in a mirror-image reversal of laterality, called situs inversus totalis, or a randomization of laterality called situs ambiguous (Aylsworth, 2001). Situs inversus totalis is associated with a low incidence of clinical consequences because the relative positioning of organs is maintained despite being in a reversed orientation. In contrast, situs ambiguous results in heterotaxy syndrome (HTX), which is associated with a broad spectrum of birth defects that affect the cardiovascular and gastrointestinal systems (Soofi et al., 2021). HTX-associated heart defects are variable and can be quite severe, leading to a high frequency of morbidity and mortality (Buca et al., 2018). In the 1970s, human laterality defects were linked to defects in motile cilia (Afzelius, 1976). Motile cilia are microtubule-based hair-like projections from cells that beat in a coordinated fashion to generate directional fluid flows in diverse structures that include airways, brain ventricles, and fallopian tubes (Amack, 2022). Work over the last 2 decades has identified and characterized transient structures in vertebrate embryos containing motile cilia that create asymmetric fluid flows that establish the LR body axis (Nonaka et al., 1998; Essner et al., 2002; Blum et al., 2009; Dasgupta and Amack, 2016; Hamada, 2020; Little and Norris, 2021). These ciliated structures—which include the ventral node/posterior notochordal plate in mouse and rabbit (Nonaka et al., 1998; Okada et al., 2005; Blum et al., 2007), the gastrocoel roof plate in frog (Schweickert et al., 2007), and the Kupffer’s vesicle in fish (Amack and Yost, 2004; Essner et al., 2005; Kramer-Zucker et al., 2005; Okada et al., 2005)—are now referred to as the left-right organizer (LRO) of the embryo. In these animal models, disrupting the formation or function of the ciliated LRO recapitulates laterality defects found in patients. Recent work has focused on understanding the cellular and molecular mechanisms by which the LRO breaks LR symmetry during early stages of embryogenesis.
In the mouse embryo, motile cilia generate a right-to-left fluid flow in the pit-shaped LRO that is required to establish asymmetric (left-sided) Nodal expression in the lateral plate mesoderm (Nonaka et al., 1998). Nodal, a secreted TGFβ signaling molecule, binds its receptor to activate target genes, including the transcription factor Pitx2, to mediate LR asymmetric morphogenesis of cardiovascular and gastrointestinal organs (Shiratori and Hamada, 2014). Mechanistically, motile cilia-driven fluid flows induce asymmetric Ca2+ signals on the left side of the LRO by activating immotile mechanosensory cilia (Mizuno et al., 2020; Katoh et al., 2023) and/or transporting signaling vesicles (Tanaka et al., 2005; Tanaka et al., 2023). These asymmetric Ca2+ signals trigger degradation of mRNA of the Nodal antagonist Dand5. Reduced Dand5 expression on the left side of the LRO then allows asymmetric Nodal signaling in left lateral plate mesoderm and subsequent lateralization of internal organs. A similar motile cilia-generated fluid flow- > asymmetric Ca2+ flux- > left-sided Nodal signaling- > LR asymmetric organ morphogenesis pathway has been characterized in zebrafish (Yuan et al., 2015; Djenoune et al., 2023). While it is established that the function of the LRO is to determine the LR axis, the pathways, mechanisms, and cell behaviors that control the formation of the LRO remain poorly understood.
In contrast to other vertebrates, the precursor cells that give rise to the LRO have been identified in the zebrafish embryo (Cooper and D'Amico, 1996; Melby et al., 1996; Warga and Kane, 2018). These precursor cells—known as dorsal forerunner cells (DFCs)—undergo specific developmental steps to form the ciliated epithelial structure called Kupffer’s vesicle (KV) that functions as the LRO in the embryo (Amack et al., 2007; Oteiza et al., 2008; Forrest et al., 2022) (Figures 1A, B). First, approximately 25 DFCs are specified in the dorsal region of the embryo at the 50% epiboly stage that occurs ∼5 h post-fertilization (hpf). Next, DFCs move posteriorly and proliferate to generate approximately 50 cells that will give rise to KV. At the tailbud stage (∼10 hpf), DFCs undergo a mesenchymal-to-epithelial transition and form a rosette-like structure. Finally, each epithelial KV cell elaborates a cilium that projects into a fluid-filled lumen that expands from the center of the rosette. Motile KV cilia create a directional fluid flow inside the KV lumen that triggers left-sided expression of a Nodal-related gene called southpaw (spaw) in lateral plate mesoderm (Long et al., 2003) (Figures 1A, C). Asymmetric organogenesis in zebrafish includes the leftward migration or “jogging” of the heart tube as it elongates (Chen et al., 1997) at 1 day post-fertilization (dpf) (Figures 1A, D), and the process of rightward “looping” at 2 dpf that is highly conserved across vertebrates (Desgrange et al., 2018). Thus, DFC/KV cells in the zebrafish embryo provides a unique system to investigate mechanisms that control LRO development and organ laterality.
[image: Figure 1]FIGURE 1 | Dorsal forerunner cells give rise to the ciliated Kupffer’s vesicle that functions as the left-right organizer in the zebrafish embryo. (A) Diagram of early zebrafish embryo development. Dorsal forerunner cells (DFCs) are specified at the 50% epiboly stage and then form Kupffer’s vesicle (KV) by the 6 somite stage at 12 h post-fertilization (hpf). Cilia-generated fluid flow inside KV directs asymmetric expression of spaw and downstream asymmetric heart development. For all pharmacological treatments herein, drugs were added to embryos at the 60% epiboly stage (6.5 hpf) and removed at 70% epiboly (7.5 hpf). Created using BioRender.com. (B) Confocal microscopy images of DFCs and the ciliated KV. DFC/KV cells are labeled with membrane-localized EGFP expression in Tg(sox17:EGFP-caax) embryos. KV cilia are labeled with anti-acetylated tubulin antibodies. (C) RNA in situ hybridization of spaw expression in left lateral plate mesoderm (arrow) in a wild-type embryo. Dashed line marks the embryo midline. (D) Left-sided jogging (dashed arrow) of the heart visualized by EGFP expression driven by a myl7 promoter in cardiomyocytes in a wild-type embryo.
Previous work indicates that proliferation of DFCs via mitotic cell division is a critical step for KV formation and function (Kim et al., 2011; Zhang et al., 2012; Arrington et al., 2013; Gokey et al., 2015; Liu et al., 2019; Rathbun et al., 2020). The proliferation of DFCs peaks during epiboly stages and then decreases as mesenchymal DFCs transition into ciliated epithelial KV cells (Gokey et al., 2015; Liu et al., 2019). Manipulations that reduce or disrupt mitosis of DFCs can alter KV formation and result in organ laterality defects. However, molecular regulators of DFC proliferation remain largely unknown. To identify new pathways that regulate the mitotic rate of DFCs we conducted a targeted in vivo pharmacological screen. Here, we report results from this screen that identify the sarcoplasmic/endoplasmic reticulum Ca2+-ATPase (SERCA) as a regulator of DFC mitosis. SERCA proteins modulate Ca2+ signaling in cells by pumping Ca2+ out of the cytoplasm and into compartments that function as Ca2+ stores. Ca2+ signaling has been implicated in LRO formation. In zebrafish, SERCA-mediated Ca2+ signaling has been linked to DFC clustering, gene expression, and cilia formation (Kreiling et al., 2008; Schneider et al., 2008). To investigate dynamic changes in Ca2+ concentration (Ca2+ flux) in real-time, we developed a new transgenic Ca2+ biosensor zebrafish strain that allows unambiguous visualization of Ca2+ fluxes that occur in DFCs. Live imaging revealed cytoplasmic DFC Ca2+ flux events and, for the first time, identified a nuclear Ca2+ flux in DFCs that precedes mitosis. We uncover that SERCA inhibitor treatments disrupt both cytoplasmic and nuclear Ca2+ flux in DFCs, and reduce progression of DFCs through the S/G2 phases of the cell cycle. These findings reveal a new function Ca2+ signaling in regulating proliferation during LRO development and identify novel nuclear Ca2+ signaling events in LRO precursors that provide a real-time marker for mitosis.
RESULTS
A targeted pharmacological screen identifies Ca2+ signaling as a regulator of DFC proliferation
To identify pathways that mediate DFC proliferation, we conducted a small-scale pharmacological screen to target signaling pathways previously implicated in DFC/KV development. These included Wnt, Bmp, FGF, Ca2+, Nodal, Notch, SHH, and mTOR (Supplementary Table S1). To disrupt these pathways, we used small molecules at doses that have been successfully used in zebrafish embryos (Supplementary Table S1). Previous work indicates the proliferation rate of DFCs peaks between the 60%–70% epiboly stages that occur between 6–8 hpf (Gokey et al., 2015). We therefore focused our analyses on these stages of DFC development. For the screen, we used Tg(sox17:EGFP-CAAX; myl7:EGFP) transgenic embryos that express membrane-localized EGFP in the DFC/KV cell lineage driven by a sox17 promoter, and EGFP in the heart driven by a myl7 promoter (Dasgupta et al., 2018). These embryos, referred to here as Tg(sox17:EGFP-caax), allow analysis of EGFP labeled DFCs during epiboly stages, KV cells during somite stages, and heart laterality between 1–2 dpf (Figures 1B, D).
Starting at the 60% epiboly stage, after DFCs have been specified (Oteiza et al., 2008; Warga and Kane, 2018), Tg(sox17:EGFP-caax) embryos were soaked in embryo medium containing either a specific small molecule drug or 1% dimethyl sulfoxide (DMSO) as a vehicle negative control. After incubation for 60 min at 28.5°, the treatment was removed (Figure 1A) and embryos were washed with fresh embryo medium. To analyze DFC proliferation, embryos were fixed at 70% epiboly stage and antibodies that recognize EGFP were used to label DFCs and antibodies that detect phosphorylated Histone H3 (pHH3) were used to identify cells undergoing chromatin condensation during mitosis (Hans and Dimitrov, 2001) (Figure 2A). Quantification of the number of pHH3-positive DFCs was used to calculate a mitotic index (e.g., the percentage of DFCs in mitosis) as we’ve previously described (Gokey et al., 2015). For each treatment, we analyzed on average 400 DFCs in 12 embryos from at least two independent experiments (see Supplementary Table S2). The mitotic index of DFCs in DMSO control embryos at the 70% epiboly stage was consistent with wild-type embryos in previous reports (Gokey et al., 2015; Rathbun et al., 2020); although we observed some experiment-to-experiment variability (the average mitotic index ranged between 3.1% and 6.9%) (Figure 2B; Supplementary Table S2). The average mitotic index of DFCs in drug treated embryos was compared to control DMSO treated embryos from the same experimental group (Figure 2B; Supplementary Table S2). This analysis revealed that embryos treated with small molecules targeting the FGF (SU5402), Wnt (XAV939), mTOR (Rapamycin), BMP (LDN193189), and SHH (SAG) pathways reduced the DFC mitotic index relative to controls, but these reductions were not statistically significance (Figure 2B; Supplementary Table S2). In contrast, embryos treated with thapsigargin (Thaps), a small molecule targeting the sarcoplasmic/endoplasmic reticulum Ca2+-ATPase (SERCA) that regulates intracellular Ca2+ levels (Lytton et al., 1991), eliminated pHH3 staining in DFCs (Figure 2B; Supplementary Table S2). These results implicated SERCA-mediated Ca2+signaling in DFC proliferation.
[image: Figure 2]FIGURE 2 | A targeted pharmacological screen to identify pathways that mediate DFC proliferation. (A) To quantify DFC proliferation rate, Tg(sox17:EGFP-caax) embryos were fixed at the 70% epiboly stage. Antibodies that recognize EGFP were used to label DFCs (green), and phosphorylated Histone H3 (pHH3) antibodies were used to identify cells in mitosis (magenta). DAPI staining (cyan) was used to mark all nuclei. In the merged image, arrows point out mitotic DFCs and asterisks point out mitotic neighboring (non-DFC) cells. (B) Results from the pharmacological screen. See Supplementary Table S1 for drug targets. The number of pHH3-positive DFCs was used to calculate a mitotic index (the percentage of DFCs in mitosis). Bar graphs indicate average values and error bars represent one standard deviation. Each circle on the graphs represents results from an individual embryo. The average mitotic index of DFCs in drug treated embryos was compared to control (DMSO treated) embryos from the same experimental group. An unpaired two-tailed t-test with Welch’s correction was used for statistical analysis. See Supplementary Table S2 for n values and p values. * = significant difference; ns = not significant.
SERCA inhibitor treatments during epiboly alter proliferation of DFCs, the number of ciliated KV cells, and left-right patterning of the embryo
Based on the results of our pharmacological screen, we focused on characterizing the role of SERCA activity during DFC proliferation and formation of the ciliated KV. The SERCA pump uses ATP to transport Ca2+ from the cytoplasm to the endoplasmic reticulum or sarcoplasmic reticulum (Primeau et al., 2018), or the nuclear envelope (Lanini et al., 1992; Collado-Hilly et al., 2010) (Figure 3A). Blocking SERCA activity has been found to initially increase cytoplasmic Ca2+ levels and ultimately deplete Ca2+ stores thereby altering Ca2+ signaling dynamics. RNA sequencing of isolated DFCs (our unpublished data) indicates that two out of the three genes (atp6a2b and atpa2a, but not atp2a1) that encode SERCA pumps are expressed in these cells. To avoid potential genetic compensation, pleiotropic effects, and/or off-target effects that can complicate gene knockdown approaches, we chose to interfere with SERCA-mediated Ca2+signaling using pharmacological inhibitors that offer tunable doses and temporal control of treatments. To validate results from the screen, we 1) repeated the thapsigargin treatments and 2) treated embryos with a second SERCA inhibitor called cyclopiazonic acid (CPA) that has been effectively used in zebrafish embryos (Kreiling et al., 2008; Schneider et al., 2008). Consistent with results from the screen, new 1 μM thapsigargin treatments at 60% epiboly for 60 min significantly reduced the DFC mitotic index at the 70% epiboly stage (Figures 3B, C; Supplementary Table S3). Similarly, treating embryos with 100 μM CPA at 60% epiboly significantly reduced the number of mitotic DFCs (Figures 3B, C; Supplementary Table S3). Importantly, we did not observe any developmental delay in treated embryos relative to DMSO controls. To test the specificity of SERCA inhibition on DFC proliferation, we quantified the mitotic index of neighboring dorsal margin cells adjacent to DFCs. In contrast to the reduction of proliferating DFCs in thapsigargin treated embryos, there was no significant difference in the mitotic index in neighboring non-DFC cells as compared to DMSO treated controls (Supplementary Figure S1). These results indicate that SERCA-mediated Ca2+signaling during epiboly is a regulator of DFC proliferation.
[image: Figure 3]FIGURE 3 | Validation of screen results that identify Ca2+ signaling as a regulator of DFC proliferation. (A) Diagram of SERCA function to pump Ca2+ from the cytoplasm into endoplasmic reticulum stores, and the action of the small molecules thapsigargin (Thaps) and cyclopiazonic acid (CPA) to inhibit SERCA. Created using BioRender.com. (B) Treating embryos with 1 μM Thaps or 100 μM CPA significantly reduced the mitotic index of DFCs as compared to negative control DMSO treated embryos. Bar graphs indicate average values and error bars represent one standard deviation. Each circle on the graphs represents results from an individual embryo. An unpaired two-tailed t-test with Welch’s correction was used for statistical analysis. * = significant difference. n = number of embryos analyzed. (C) Representative merged images of pHH3 staining in Tg(sox17:EGFP-caax) embryos treated with 1% DMSO (negative control), 1 μM Thaps, or 100 μM CPA. Arrows point out mitotic DFCs and asterisks point out mitotic neighboring (non-DFC) cells.
Since SERCA inhibitor treatments reduced the DFC mitotic index during epiboly stages, we predicted this would result in a reduced number of ciliated KV cells during subsequent somite stages. Motile cilia protrude from the apical surface of epithelial KV cells into the fluid filled KV lumen. KV cilia generate (Essner et al., 2005; Kramer-Zucker et al., 2005) and likely sense (Yuan et al., 2015; Djenoune et al., 2023) a directional fluid flow that is critical for LR asymmetric signaling and organ patterning. Ciliated KV cells were visualized using Tg(sox17:EGFP-caax) embryos that mark KV cells and anti-acetylated tubulin antibodies that label KV cilia. Embryos treated with 1% DMSO or 1 μM thapsigargin at the 60% epiboly stage for 60 min were washed and allowed to develop to the six to eight somite stages to analyze KV. KVs in thapsigargin treated embryos were significantly smaller than KVs in DMSO treated controls (Figures 4A, B). In addition, the number of KV cilia was significantly reduced in embryos treated with thapsigargin relative to controls (Figures 4A, C). We next quantified the number of KV cells at the 6-somite stage as we’ve previously described (Tay et al., 2013). This analysis indicated the number of KV cells was significantly reduced in thapsigargin treated embryos as compared to control DMSO treated embryos (Figures 4A, D). Since both the number of KV cilia and the number of KV cells were reduced in thapsigargin treated embryos, we interpret these results to indicate that interfering with SERCA-mediated Ca2+signaling during epiboly stages does not impact KV ciliogenesis, but rather reduces the number of ciliated cells in KV.
[image: Figure 4]FIGURE 4 | SERCA inhibitor treatments during epiboly reduce the number of ciliated KV cells and disrupt left-right patterning of the embryo. (A) Representative images of the ciliated KV in Tg(sox17:EGFP-caax) embryos treated with 1% DMSO (control) or 1 μM Thapsigargin (Thaps). KV cells are labeled with membrane-localized EGFP expression (green), and KV cilia are labeled with anti-acetylated tubulin antibodies (magenta). (B–D) Treating embryos with 1 μM Thapsigargin during epiboly stages reduced the area of KV (B), the number of cilia in KV (C), and the number of cells in KV (D) relative to DMSO treated controls. Bar graphs indicate average values and error bars represent one standard deviation. Each circle on the graphs represents results from an individual embryo. An unpaired two-tailed t-test with Welch’s correction was used for statistical analysis. * = significant difference. (E) Representative images of normal left-sided spaw expression (arrows) in a DMSO control embryo and bilateral expression in a thapsigargin treated embryo. (F) Most DMSO control embryos had left-sided spaw expression, whereas spaw was largely bilateral, and in some cases absent or right-sided in thapsigargin treated embryos. (G) Representative images of normal leftward heart jogging (dashed arrow) in a DMSO treated control embryo and midline jogging in a thapsigargin treated embryo. The heart tube was labeled by EGFP expression in cardiomyocytes. (H) Leftward heart jogging was observed in most control embryos. In contrast, the heart often jogged along the midline or to the right in thapsigargin treated embryos. n = number of embryos analyzed.
Since thapsigargin treatments during epiboly stages inhibit DFC mitosis and reduce the number of ciliated KV cells, we next asked whether these treatments alter LR patterning of the embryo. In previous work, treating embryos with thapsigargin during epiboly using either higher doses (2.5 μM) (Schneider et al., 2008) or longer exposures (2 h) (Kreiling et al., 2008) resulted in laterality defects. To assess laterality in embryos treated with 1 μM thapsigargin at 60% epiboly for 60 min, we first analyzed expression of the nodal-related gene spaw in lateral plate mesoderm (Figure 4E). Normal left-sided expression of spaw was detected in most DMSO control embryos, whereas spaw was bilateral, right-sided, or absent in thapsigargin treated embryos (Figure 4F). Consistent with spaw defects in thapsigargin treated embryos, direction of heart jogging was disrupted in these embryos at 1 dpf (Figure 4G). Asymmetric left-sided heart jogging was observed in control embryos, whereas the heart often remained along the midline or jogged to the right in thapsigargin treated embryos (Figure 4H). At 2 dpf, DMSO and thapsigargin treated embryos had similar gross morphologies (Supplementary Figures S2A, B). However, the direction of heart looping was often along the midline or reversed in thapsigargin treated embryos (Supplementary Figures S2C–F). Although these outcomes are reminiscent of laterality defects induced by other treatments that reduce DFC proliferation (Arrington et al., 2013; Gokey et al., 2015; Liu et al., 2019), the disruption of LR asymmetry in thapsigargin treated embryos may be due to pleiotropic effects. Thus, it is not possible to conclude that laterality defects in thapsigargin treated embryos are directly due to small KVs in these embryos. However, the correlation of laterality defects with KV defects is consistent with a model in which SERCA-mediated Ca2+signaling during epiboly mediates DFC proliferation that regulates the number of ciliated KV cells, which in turn, impacts LR patterning of the embryo.
Inhibiting SERCA alters cell cycle progression of DFCs
To investigate the cellular mechanism by which SERCA inhibitor treatments reduce DFC proliferation, we developed methods using Tg(Dual-FUCCI) transgenic embryos to analyze the cell cycle of DFCs. The cell cycle consists of four phases: gap/growth 1 (G1), DNA synthesis (S), gap/growth 2 (G2), and mitosis (M). The previously described Dual-FUCCI (Fluorescent Ubiquitination Cell-Cycle Indicator) transgenic strain ubiquitously expresses an mCherry-Cdt1 fusion protein that accumulates in the nucleus during G1 phase, and a cerulean-Geminin fusion protein that accumulates in the nucleus during S, G2, and early M phases (Bouldin et al., 2014) (Figure 5A). Generating double Tg(Dual-FUCCI); Tg(sox17:EGFP-caax) embryos allowed us to visualize of the cell cycle status of each individual DFC marked by the Tg(sox17:EGFP-caax) transgene (Figure 5B). We first characterized cell cycle status of DFCs in wild-type embryos at different developmental stages. Because transgene expression was low during epiboly stages, we used antibodies to detect mCherry-Cdt1 (pseudo-colored magenta) and cerulean-Geminin (pseudo-colored green). At the 60% epiboly stage, an average of 90% ± 12% of DFCs (n = 10 embryos) showed strong nuclear fluorescence of the cerulean-Geminin protein indicating the cells were in the S/G2/M phases, whereas 10% ± 12% of the DFCs had strong mCherry-Cdt1 expression indicating G1 phase (Figure 5C). During subsequent stages (75% epiboly, 90% epiboly, and tailbud) the percentage of DFCs with cerulean-Geminin protein expression decreased, and the percentage of DFCs with mCherry-Cdt1 expression increased (Figure 5C). These results indicate the number of DFCs in S/G2/M phases decrease during later epiboly stages. This is consistent with previous work using other cell cycle markers that indicates the proliferation of mesenchymal DFCs peaks ∼60%–70% epiboly and then decreases as DFCs differentiate into ciliated epithelial KV cells (Gokey et al., 2015; Liu et al., 2019).
[image: Figure 5]FIGURE 5 | SERCA activity meditates progression of DFCs through the S/G2 phases of the cell cycle. (A) Diagram of transgene expression during the cell cycle in Dual-FUCCI transgenic zebrafish. Created using BioRender.com. (B) Representative image of a double Tg(Dual-FUCCI); Tg(sox17:EGFP-caax) embryo at the 75% epiboly stage. DFC cell membranes are labeled by Tg(sox17:EGFP-caax) expression (green), and fluorescent antibody staining was used to detect mCherry-Cdt1 (magenta) and cerulean-Geminin (green). DAPI staining (cyan) was used to mark all nuclei. (C) Analysis of cell cycle status of DFCs in wild-type Tg(Dual-FUCCI); Tg(sox17:EGFP-caax) embryos at different developmental stages. Bar graphs indicate average values and error bars represent one standard deviation. Each circle on the graphs represents results from an individual embryo. (D) Quantification of the percentage of DFCs in G1 (magenta > green) in Tg(Dual-FUCCI); Tg(sox17:EGFP-caax) embryos treated with 1% DMSO (control) or 1 μM thapsigargin at 60% epiboly for 60 min and then fixed at 75% epiboly or 90% epiboly. An unpaired two-tailed t-test with Welch’s correction was used for statistical analysis. * = significant difference; ns = not significant. (E, F) Representative images of control or thapsigargin treated Tg(Dual-FUCCI); Tg(sox17:EGFP-caax) embryos at the 75% epiboly (E) or 90% epiboly (F) stage.
Next, we used Tg(Dual-FUCCI); Tg(sox17:EGFP-caax) embryos to determine how SERCA inhibitor treatments impact the cell cycle of DFCs. Since our pHH3 analysis indicates thapsigargin blocks DFCs from entering mitosis (Figure 3), we reasoned there were two plausible mechanisms. First, thapsigargin may cause DFCs to accumulate in G1. Work in human cell cultures has found that inhibiting SERCA attenuates the G1- > S transition (Simon and Moran, 2001). If this was the case in DFCs, we would expect to find more mCherry-Cdt1 positive (G1) DFCs in thapsigargin treated embryos relative to controls. A second possibility is that thapsigargin treated DFCs stall and fail to progress through S/G2. In this case, we would see fewer mCherry-Cdt1 positive (G1) DFCs in thapsigargin treated embryos. To address this, Tg(Dual-FUCCI); Tg(sox17:EGFP-caax) embryos were treated with 1 μM thapsigargin for 60 min starting at the 60% epiboly stage and compared to 1% DMSO controls. Following treatments, embryos were fixed at either the 75% epiboly or 90% epiboly stage for antibody staining of mCherry-Cdt1 (G1) and cerulean-Geminin (S/G2/M). Similar to wild-type embryos, the percentage of DFCs in G1 increased between 75% and 90% epiboly in DMSO control embryos (Figures 5D–F; Supplementary Table S4). In contrast, the percentage of DFCs in G1 remained similar between 75% and 90% epiboly in thapsigargin treated embryos (Figures 5D–F; Supplementary Table S4). There was no significant difference in G1 DFCs between DMSO and thapsigargin treated embryos at 75% epiboly. However, at 90% epiboly, the percentage of DFCs in G1 was significantly reduced by thapsigargin treatments (Figure 5D; Supplementary Table S4). Taken together with results that entry into M phase (mitotic index) is significantly reduced in thapsigargin treated embryos (Figure 3), these results indicate that inhibiting SERCA stalls DFCs in the S/G2 phases of the cell cycle.
Visualization of SERCA-dependent Ca2+ flux in DFCs
We next wanted to investigate the effect of our thapsigargin treatments on Ca2+ flux in live embryos. To visualize Ca2+ dynamics with high temporal resolution, we generated a stable transgenic Tg(act2b:GCaMP6f) zebrafish strain that ubiquitously expresses the genetically encoded Ca2+ sensor GCaMP6f, which increases fluorescence upon Ca2+ binding with fast (f) dynamics (Chen et al., 2013). To determine whether Tg(act2b:GCaMP6f) zebrafish function as a robust Ca2+ reporter strain, we asked whether we could visualize fluctuations of GCaMP6f fluorescence intensity in structures that are known to require dynamic Ca2+ signals. Using real-time confocal microscopy, we observed waves of fluorescence signal during heart contractions (Supplementary Movie S1), flashes in the olfactory pit (Supplementary Movie S2), and movement activated flux in hair cells in neuromasts of the lateral line (Supplementary Movie S3). These results indicate the Tg(act2b:GCaMP6f) strain provides a useful new Ca2+ reporter with fast dynamics in zebrafish.
In previous work, the Ca2+ sensors Oregon Green BAPTA-1 Dextran (Kreiling et al., 2008) or Fura-2 (Schneider et al., 2008) were used to visualize and measure Ca2+ levels in zebrafish embryos. Transient Ca2+ fluxes were identified in the region of DFCs and were most abundant at the 60%–70% epiboly stages (Schneider et al., 2008). More recently, transgenic zebrafish embryos ubiquitously expressing the genetically encoded Ca2+ indicator GCaMP6s, which increases fluorescence upon Ca2+ binding with slow (s) dynamics (Chen et al., 2013), were used to visualize Ca2+ flux activity in the dorsal region of the embryo during epiboly with higher spatial resolution (Chen et al., 2017). This study characterized Ca2+ fluxes in epithelial enveloping layer (EVL) cells and in smaller mesenchymal DFCs. Consistent with this report, we observed dynamic Ca2+ signals in our Tg(act2b:GCaMP6f) embryos during epiboly stages at the dorsal margin that included DFCs, neighboring margin cells, and overlying EVL cells. Like previous studies that lacked a specific marker for DFCs, we could only classify cells as DFCs based on morphology and location near and/or below the dorsal margin in these embryos. To explicitly identify DFCs and more precisely quantify Ca2+ signals that occur in DFCs, we generated double Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) transgenic embryos. These embryos allow simultaneous detection of DFCs and visualization of Ca2+ dynamics at high temporal and spatial resolution using spinning disk confocal microscopy. This approach allowed us to detect and analyze transient Ca2+ increases that unambiguously occur in the cytoplasm of DFCs (Supplementary Movie S4; Figure 6A).
[image: Figure 6]FIGURE 6 | Visualization of cytoplasmic Ca2+ flux events in DFCs. (A) Confocal time-lapse images of a single Z-plane through DFCs in a Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryo at the 60% epiboly stage. Changes in Ca2+ concentration (GCaMP6f fluorescence intensity) are visualized by changes in intensity of the cyan hot lookup table (FIJI software). The asterisk marks a DFC that undergoes a transient cytoplasmic Ca2+ flux. Dashed white line indicates the boundary of the DFC cluster. The graph plots GCaMP6f fluorescence intensity in the cytoplasm in the DFC over time. t = time in sec. AU = arbitrary units. (B) Image of a representative DFC cluster in a Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryo. Dashed white line indicates the boundary of the DFC cluster, which is used to define left-anterior (LA), right-anterior (RA), left-posterior (LP), and right-posterior (RP) quadrants. The asterisk indicates a DFC cytoplasmic Ca2+ flux event. (C) Overlay of the DFC cluster boundaries and cytoplasmic Ca2+ flux events in all embryos analyzed (n = 56 events from 10 embryos) reveals spatial location of cytoplasmic Ca2+ fluxes in DFCs. (D–F) Quantification of pooled DFC cytoplasmic Ca2+ flux events in DFC quadrants (D), along the LR axis (E), and along the AP axis (F).
To determine the duration of transient Ca2+ increases, or Ca2+ flux events, in DFCs, we imaged Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryos at single focal plane at 60% epiboly for 1 min using a 1 s interval. Intensity profiles of GCaMP6f fluorescence were plotted for individual cells to identify the start (defined as the timepoint when GCaMP6f fluorescence increases above baseline levels) and end (defined as the return to baseline) of a Ca2+ flux event (Figure 6A). This analysis indicated that the duration of these DFC cytoplasmic Ca2+ flux events ranged from 5 to 17 s and the average was 11.7 ± 3.4 s (Supplementary Table S5). We next estimated the frequency of DFC cytoplasmic Ca2+ transients per embryo by imaging the entire DFC cluster in Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryos starting at 60% or 70% epiboly stage for longer time periods. We used a 15 s interval, which was the minimum time needed to image through all DFCs. To minimize photodamage, we imaged each embryo for 10–30 min. Since our imaging interval (15 s) was longer than the average duration of Ca2+ events (11.7 s), this analysis could miss some events and can therefore only provide an estimate of the frequency. We found that the number of cytoplasmic Ca2+ flux events in the DFC cluster was variable from embryo to embryo, but on average our analysis detected DFC cytoplasmic flux events at a normalized rate of 20.2 ± 13.6 events/hour/embryo at 60% epiboly and a similar 21.0 ± 16.0 events/hour/embryo at 70% epiboly (Supplementary Table S6). In some cases, the same DFC showed multiple cytoplasmic Ca2+ flux events during imaging (see Supplementary Movie S8). These results establish new methods to visualize transient Ca2+ signals specifically in DFCs with fast dynamics, and provide new insights into the duration, frequency, and variability of Ca2+ flux in DFCs.
We then asked whether there was a pattern to the cytoplasmic Ca2+ flux events in DFCs. We generated spatial maps to determine the relative positions that Ca2+ flux events occurred within DFCs in a pooled population of 10 embryos (Figures 6B, C; Supplementary Table S7). Intriguingly, in each embryo we analyzed, we observed regional clusters of DFCs that experienced Ca2+ flux during the imaging time window (Supplementary Figure S3). This suggests local coordination of Ca2+ signaling. We observed cytoplasmic flux events in all quadrants of the DFCs, with a slight bias towards the left-anterior (LA) quadrant (Figures 6C, D). In addition, we found a slight bias of Ca2+ flux in left-sided DFCs (Figure 6E) and very little difference along the anterior-posterior DFC axis (Figure 6F). Finally, we determined the impact of SERCA inhibitor treatments on DFC cytoplasmic Ca2+ flux events. Similar to wild-type embryos, DMSO treated control embryos showed DFC cytoplasmic Ca2+ flux events (Supplementary Movie S5) at a rate of 18.5 ± 13.2 events/hour at 70% epiboly (Supplementary Table S8). In contrast, treatments with 1 μM thapsigargin or 100 μM CPA initially increased the cytoplasmic Ca2+ concentration and abolished Ca2+ flux events in DFCs and surrounding cells (Supplementary Movie S6; Supplementary Movie S7; Supplementary Table S8). Taken together, these findings identify SERCA-dependent cytoplasmic Ca2+ flux events with variable frequency and location in DFCs.
Identification of nuclear Ca2+ flux in DFCs
In addition to cytoplasmic Ca2+ flux events, live imaging of Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryos revealed infrequent transient Ca2+ spikes in the nuclei of DFCs (Figure 7A). The identification of nuclear Ca2+ flux in DFCs is intriguing because nuclear Ca2+ signaling has been implicated in regulating gene expression and cell cycle in other systems (Resende et al., 2013). The frequency of nuclear Ca2+ flux in DFCs was again variable from embryo to embryo, but we detected an average rate of 5.9 ± 5.5 events/hour/embryo at 60% epiboly and a reduced rate of 3.0 ± 4.5 events/hour/embryo at 70% epiboly (Supplementary Table S6). Similar to cytoplasmic Ca2+ fluxes in DFCs, spatial mapping of nuclear Ca2+ signals (22 events in nine embryos) indicated a slight bias towards the left-anterior quadrant and left side and of the DFC cluster (Figures 7B, C; Supplementary Figure S4; Supplementary Table S7). Also similar to cytoplasmic signals, nuclear DFC Ca2+ signals were observed in DMSO treated controls but were not detected in Thapsigargin or CPA treated embryos (Supplementary Table S8). These results identify for the first time SERCA-dependent nuclear Ca2+ flux events in DFCs.
[image: Figure 7]FIGURE 7 | Identification of nuclear Ca2+ flux in DFCs. (A) Confocal images of a single Z-plane through DFCs in a Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryo at the 60% epiboly stage. Changes in Ca2+ concentration (GCaMP6f fluorescence intensity) are visualized by changes in intensity of the cyan hot lookup table (FIJI software). The asterisks mark a transient increase in Ca2+ concentration in the nucleus of a DFC. Dashed white line indicates the boundary of the DFC cluster. t = time in sec. (B) Image of a representative DFC cluster in a Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryo. Dashed white line indicates the boundary of the DFC cluster, which is used to define quadrants. The asterisk indicates a DFC nuclear Ca2+ flux event. (C) Overlay of the DFC cluster boundaries and locations of nuclear Ca2+ flux events in all embryos analyzed (n = 22 events from nine embryos). (D) Confocal time-lapse images of DFCs in a Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryo. Following a nuclear Ca2+ flux event (asterisk), the DFC (arrow) rounds up and divides into two daughter cells. t = min:sec.
Nuclear Ca2+ flux events provide a real-time marker for DFC mitosis
We next used time-lapse imaging to track and characterize cell behaviors of DFCs following Ca2+ flux events. First, we tracked DFCs that showed a cytoplasmic Ca2+ flux event (n = 10 cells from seven embryos imaged during five independent experiments). Tracking these cells for up to 20 min did not reveal any gross changes in cell morphology, behavior, or position (Supplementary Movie S8; Supplementary Table S9). We next tracked DFCs following a nuclear Ca2+ flux event (n = 10 cells from seven embryos imaged during five independent experiments). In contrast to cytoplasmic Ca2+ events, nuclear Ca2+ flux was associated with cell division of DFCs (Supplementary Movie S9; Figure 7D). Nine out of ten DFCs analyzed were found to change to a rounded morphology and then divide into two daughter DFCs within the imaging time window (Supplementary Table S9). The average time between nuclear Ca2+ flux and cell division was 12.2 ± 3.86 min. For the one DFC that did not divide, the imaging period ended after 10 min. We predict we would have observed this DFC divide if we had imaged long enough. To address whether nuclear Ca2+ flux always precedes division, we tracked DFCs that did not show nuclear Ca2+ flux (or cytoplasmic Ca2+ flux) and asked if any of these cells divided. We tracked 20 cells from five embryos from three independent experiments (for 20–40 min) and none of these cells divided (Supplementary Table S10). These experiments suggest nuclear Ca2+ flux precedes all DFC cell division, and thereby provides a real-time marker for DFCs that will undergo mitosis.
DISCUSSION
The DFC/KV cell lineage in the zebrafish embryo provides a unique window into LRO development. Previous work has identified mitotic cell division of DFCs during epiboly stages as a critical step towards building a functional KV (Gokey et al., 2015; Liu et al., 2019; Rathbun et al., 2020). Here, we report results from a small-scale targeted pharmacological screen that has identified Ca2+ signaling as a regulator of DFC mitosis. Due to limitations of our pharmacological screen, we cannot conclusively rule out any of the tested pathways as regulators of DFC/KV proliferation. Small molecule inhibitors of FGF, Wnt, mTOR, BMP, and SHH pathways resulted in modest reductions in DFC mitotic index (Figure 2B; Supplementary Table S2). While these reductions were not significantly different from negative controls in our screen, it is possible that different drug doses or exposure times could result in a significant impact on DFC proliferation. It also remains possible that several pathways interact to coordinate DFC proliferation, and that simultaneously inhibiting multiple pathways may result in additive or synergistic effects. While results from the screen provide a starting point for future work to address these questions, the overarching goal of the screen was to identify big effects on mitotic index of DFCs at a very specific point in development. Our finding that thapsigargin treatments suppressed the DFC mitotic index represented a significant ‘hit’ in the screen. We therefore focused on Ca2+ signaling during DFC proliferation and KV development.
Multiple functions for Ca2+ signaling during development of LR asymmetry
SERCA controls cytosolic Ca2+ concentration by translocating Ca2+ out of the cytoplasm into subcellular Ca2+ stores (Figure 3A). SERCA activity can thereby regulate the dynamics of transient increases in cytosolic Ca2+ levels from internal stores or the external environment that serve as signals to impact cell behavior. Transient Ca2+ signals, or flux events, regulate a number of cellular processes, including contraction, secretion, metabolism, gene expression, and proliferation (Bootman and Bultynck, 2020). Ca2+ mediates these downstream effects in a context-dependent manner by interacting with an extensive array of Ca2+-binding proteins (Clapham, 2007). Previous work in several systems has revealed multiple roles for Ca2+-mediated signaling during embryonic development (Slusarski and Pelegri, 2007). As a prime example, Ca2+ flux has emerged as a key component of vertebrate LR patterning (Langenbacher and Chen, 2008; Norris, 2012; Yoshiba and Hamada, 2014; Blum and Vick, 2015). Asymmetric Ca2+ signaling has been observed on the left side of the LRO in mouse and zebrafish (McGrath et al., 2003; Sarmah et al., 2005; Tanaka et al., 2005; Jurynec et al., 2008; Francescatto et al., 2010; Takao et al., 2013), and inhibiting these signals alters LR patterning. Ca2+ signaling has also been implicated in LR development in frogs and birds (Raya et al., 2004; Garic-Stankovic et al., 2008; Hatayama et al., 2011). Recent work in mouse and zebrafish indicates asymmetric Ca2+ flux events at the LRO are generated via a mechanosensory mechanism in response to leftward fluid flows created by motile LRO cilia (Yuan et al., 2015; Mizuno et al., 2020; Djenoune et al., 2023; Katoh et al., 2023). Ca2+ is thought to enter LRO cells through the mechanosensitive cation channel Pkd2 that localizes to immotile cilia and induce the degradation of mRNA of the Nodal antagonist Dand5. Other very recent work in the mouse LRO proposes leftward fluid flows transport extracellular vesicles (Tanaka et al., 2005) containing a Pkd2 binding partner, Pkd1l1, to the left side of the LRO to build Pkd1l1-containing fibrous structures that interact with Nodal to mediate asymmetric Ca2+ elevation on the left side of the LRO (Tanaka et al., 2023). Thus, while it is clear that Ca2+ signaling is a downstream effector of cilia-driven fluid flows in the LRO, the exact origin and regulation of asymmetric Ca2+ signals during LRO function have not been fully resolved.
In addition to a role(s) during LRO function, the work described here has uncovered a new role for Ca2+-mediated signaling much earlier in LR development as a regulator of cell proliferation during LRO formation. Our findings complement previous work that has identified multiple functions for Ca2+ during KV development. Inhibiting SERCA-mediated Ca2+ signaling using a high dose (2.5 μM) of thapsigargin for 10 min at 60% epiboly was previously found to interfere with the clustering/cohesion of DFCs during KV formation (Schneider et al., 2008). These thapsigargin treatments increased nuclear localization (activation) of the Wnt effector β-catenin. In our screen, we found that the Wnt agonist 1-Azakenpaullone (Az) that stabilizes β-catenin did not have a significant effect on DFC mitotic index (Figure 2B; Supplementary Table S2). This suggests that the reduction of DFC proliferation induced by thapsigargin is not associated with activation of the Wnt signaling pathway. An independent study found that interfering with lysophosphatidic acid signaling reduced Ca2+ levels and increased nuclear β-catenin in the dorsal region of the embryo during epiboly stages (Lai et al., 2012). These effects correlated with defects in DFC cohesion, malformation of KV, and a reduced number of KV cilia. In other work, treatments with a low dose (0.5 μM) of thapsigargin for 2 h during epiboly reduced mRNA expression of the T-box transcription factor no tail (ntl) and the ciliary dynein gene dynein axonemal heavy chain 9 (or left–right dynein related; lrdr) in DFCs (Kreiling et al., 2008). These embryos also showed defective KV formation and a reduced number of KV cilia. Some of these previously reported phenotypes—including KV malformation and fewer KV cilia—are consistent with a reduced number of DFC/KV cells caused by defects in DFC proliferation. Indeed, we found small KVs and fewer KV cilia in thapsigargin treatments that suppressed the DFC mitotic index (Figure 4). Since the number of KV cilia and the number of KV cells were reduced in thapsigargin treated embryos (Figures 4C, D), we suggest that a defect in DFC proliferation provides an underlying mechanism that can explain the previously described reduced KV cilia phenotype. Downstream of KV and cilia formation, perturbations of sodium-calcium exchanger and Na/K-ATPase activities revealed that tightly regulated Ca2+ levels and calmodulin-dependent protein kinase II (CaMKII) activity are critical for motility of cilia in KV (Shu et al., 2007). Taken together, these studies provide evidence for multiple functions for Ca2+—likely via several distinct signaling pathways—during DFC/KV development.
Ca2+ flux during LRO development
Here we report double transgenic Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) zebrafish embryos that provide a new platform for imaging Ca2+ flux events in real-time in the developing LRO. These transgenic embryos allow visualization and quantification of Ca2+ transients that occur unambiguously in DFCs (Figure 6A). Transient elevation of the cytoplasmic Ca2+ concentration in DFCs occurred relatively frequently at the 60%–70% epiboly stages (Supplementary Table S6). Spatial mapping of cytoplasmic Ca2+ fluxes revealed that clusters of 2–6 neighboring DFCs experienced Ca2+ flux events during short imaging time windows (Supplementary Figure S3). Together, these results suggest localized regulation of cytoplasmic Ca2+ signaling in DFCs. However, mechanisms that may regulate such coordinated Ca2+ fluxes—and their physiological relevance—remain unclear. It is interesting to note that gap junctions, which can facilitate cell-to-cell Ca2+ signaling, have been implicated in vertebrate LR patterning (Levin and Mercola, 1998) and KV morphogenesis (Hatler et al., 2009). In future work, it would be interesting to test whether gap junctions mediate localized and/or coordinated cytoplasmic Ca2+ signaling in DFCs.
Live imaging of Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryos also revealed nuclear Ca2+ signals in DFCs (Figure 7). This is the first report of nuclear Ca2+ transients in any vertebrate LRO. Nuclear Ca2+ signaling is proposed to have important functions in several cell types, which are mediated in part by regulating gene expression (Zhang et al., 2009; Bengtson and Bading, 2012). Examples include plasticity of neurons (Bading, 2000), function of cardiomyocytes (Kiessling et al., 2023), and activation of T-cells (Monaco et al., 2016). Nuclear Ca2+ modulates gene expression by modifying the activity of target transcription factors, such as CREB (Chawla et al., 1998), TEAD (Thompson et al., 2003), and Elk1 (Pusl et al., 2002). The nuclear envelope serves as a Ca2+ store and contains Ca2+ release channels and Ca2+ pumps, including SERCA, that control nuclear Ca2+ signaling (Mauger, 2012; Resende et al., 2013; Kiess and Kockskamper, 2019). Interestingly, nuclear Ca2+ signaling has been identified in some contexts as a regulator cell proliferation (Resende et al., 2013). Specifically, buffering nuclear Ca2+ in cultured human cell lines interfered with progression through early prophase of mitosis (Rodrigues et al., 2007). Thus, it is tempting to speculate that nuclear Ca2+ flux may control gene expression and/or cell cycle progression in DFCs.
Both cytoplasmic and nuclear Ca2+ flux events occurred in all regions of the DFC cluster, but we observed a slight bias towards the left side (Figure 6; Supplementary Figure S4; Supplementary Table S7). The functions for these Ca2+ events remain unknown, and it is unclear whether the leftward bias has any functional significance. To test this further, the development of new methods (possibly using optogenetic approaches) is needed to perturb Ca2+ flux specifically in the cytoplasm or nucleus in individual or subsets of DFCs. To assess how Ca2+ fluxes impact DFC morphology in unperturbed embryos, we tracked individual DFCs. Tracking DFCs for up to 20 min following a cytoplasmic Ca2+ transient did not reveal any gross morphological or behavioral changes. A limitation of this analysis is that we imaged cells for only 20 min, which was necessary to minimize photobleaching and phototoxicity. Tracking cells for longer periods in future work may reveal phenotypic DFC outcomes associated with cytoplasmic Ca2+ flux. In contrast, DFCs that experienced a nuclear Ca2+ flux event were found to undergo mitosis within ∼20 min (Supplementary Movie S9; Supplementary Table S9. We did not find any cell division among DFCs tracked that did not experience a nuclear Ca2+ flux (Supplementary Table S10). Thus, nuclear Ca2+ flux provides a robust proliferation marker for DFCs in living embryos. This is significant because the mechanics and regulators of DFC proliferation are not fully understood, and our current knowledge relies on static snapshots of the DFC mitotic index. For example, it is unknown whether all DFCs divide once or if there are stem-like cells that undergo multiple rounds of division to produce the final number of DFCs that give rise to KV. The identification of nuclear Ca2+ flux events associated with DFC mitosis opens new avenues to explore this question and ultimately define DFC mitotic dynamics in real time. We envision a new generation of transgenic tools that include expression of nuclear localized GCaMP (Forster et al., 2017) specifically in DFCs that will facilitate detection and tracking of DFC divisions in a developing embryo. Such tools could also be deployed to identify new regulators that control nuclear Ca2+ flux and cell division in real-time.
Ca2+ signaling regulates DFC proliferation
Our work has identified SERCA-mediated Ca2+ signaling as a regulator of DFC proliferation during epiboly stages of development. Since thapsigargin treatments are global it remains unclear whether SERCA-mediated Ca2+ signaling functions cell-autonomously to control DFC proliferation. Indeed, we observed Ca2+ flux in dorsal margin cells neighboring DFCs and in EVL cells overlying the DFCs (Supplementary Movie S4), which could have cell non-autonomous effects on DFC proliferation. It also remains unknown whether cytoplasmic or nuclear Ca2+ signals (or both) are required for cell cycle progression and mitosis of DFCs. While nuclear Ca2+ flux was associated with DFC mitosis during live imaging, it is not clear whether nuclear Ca2+ flux has an active role in promoting cell division or is just a passive marker of the process. It is also possible that general Ca2+ homeostasis—which is disrupted by thapsigargin treatments—regulates DFC proliferation. Future work with new tools to modulate Ca2+ signaling in specific cell types and in specific cellular compartments will be needed to address these questions.
Mechanistically, SERCA inhibitor treatments were found to eliminate cytoplasmic and nuclear Ca2+ flux in DFCs (Supplementary Table S8). Previous work in several different contexts has implicated Ca2+ signals in regulating multiple steps of cell cycle progression. These include nuclear envelope breakdown, G1- > S transition, G2- > M transition, metaphase- > anaphase transition, and cytokinesis (Humeau et al., 2018). At the molecular level, Ca2+ flux can activate Calmodulin and Calmodulin dependent protein kinases (CaMK), which can result in the modification of cell cycle proteins, including Retinoblastoma protein (Rb) (Morris et al., 1998; Rodriguez-Mora et al., 2005), cyclin-dependent kinases (Cdks) (Morris et al., 1998; Kahl and Means, 2004), and the Cdc25C phosphatase (Patel et al., 1999). In addition, Calmodulin can activate the protein phosphatase Calcineurin that controls cell cycle gene expression and cyclin protein levels (Masaki and Shimada, 2022). While it is clear that Ca2+ signaling has important functions during the cell cycle, results from different models and contexts indicate Ca2+ signals are used differently in different types of cells to regulate cell cycle progression (Machaca, 2011). Thus, we investigated the cellular mechanism by which SERCA inhibitor treatments reduced the DFC mitotic index. Blocking SERCA activity in human cell lines was previously found to impede the transition between G1 and S phases (Simon and Moran, 2001). However, in DFCs, we find that inhibiting SERCA impedes progression of DFCs through the S/G2 phases of the cell cycle (Figure 5). This is important because it identifies a specific defect in the cell cycle that sets up future work to characterize molecular details for how Ca2+ signaling functions to regulate DFC proliferation. Interestingly, inhibiting CaMKII activity results in cells accumulating in the G2 or M phases (Skelding et al., 2011), and altering CaMKII function in zebrafish results in LR asymmetry defects (Francescatto et al., 2010). CaMKII activity is therefore an attractive candidate as a downstream effector of SERCA-mediated Ca2+ flux during DFC proliferation.
In conclusion, our results identify the SERCA-mediated Ca2+ signaling as a new regulator of DFC mitosis. SERCA inhibitor treatments reduced the number of ciliated KV cells and disrupted embryo laterality. At the molecular level we found that inhibiting SERCA reduced both cytoplasmic and nuclear Ca2+ flux, and at the cellular level Ca2+ signaling controls progression of DFCs through the S/G2 phases of the cell cycle. These results uncover a previously unrecognized role for SERCA-mediated Ca2+ signaling in regulating the proliferation of precursor cells that give rise to the ciliated LRO. This finding adds to the growing number of functions for Ca2+ signaling during LR axis determination.
MATERIALS AND METHODS
Zebrafish husbandry
Adult zebrafish (Danio rerio) were maintained in an aquarium rack system (Aquatic Habitats, LLC) on a 14 h light/10 h dark cycle. The wild-type TAB strain was acquired from Zebrafish International Resource Center (ZIRC). Transgenic strains used in this study include Tg(sox17:EGFP-CAAX,myl7:EGFP)sny101 (Dasgupta et al., 2018), Tg(-3.5ubb:Cerulean-gmnn-2A-mCherry-cdt1)w141 [referred to here as Tg(Dual-FUCCI)] (Bouldin et al., 2014) kindly provided by Donald Kane, and Tg(actb2:GCaMP6)sny210 (generated in this study). Zebrafish embryos were collected from natural matings, staged according to (Kimmel et al., 1995). A Ziess Discovery V12 Stereo microscope equipped with X-cite Fluorescence Illumination and a Zeiss Axiocam MRc digital camera was used to visualize living embryos and assess developmental stage, gross morphology, or heart laterality. All experiments were approved by State University of New York Upstate Medical University’s Institutional Animal Care and Use Committee.
Pharmacological screen
Embryos were treated with selected pharmacological compounds in 24-well plates (Corning). ∼15 embryos in chorions were treated per well starting at the 60% epiboly stage (6.5 hpf) for 60 min. The working concentration and manufacturer for each compound is reported in Supplementary Table S1. Since the stock solution of each compound was made using dimethyl sulfoxide (DMSO), negative control embryos were treated with 1% DMSO (an excess of DMSO relative to pharmacological compound dilutions) diluted in embryo medium (reverse osmosis purified water with 0.03% marine salt from Instant Ocean and 0.001% methylene blue from Sigma). Following the 60 min treatment, the compounds were removed and the embryos were washed 3X with embryo medium. To assess DFC proliferation rates, treated embryos were fixed immediately at 7.5 hpf (70% epiboly stage) for fluorescent immunostaining using GFP and pHH3 antibodies (see below). In some cases, treated embryos were imaged to quantify Ca2+ flux events in DFCs (see below) or visualized the next day to assess heart laterality defects.
Immunostaining
Fluorescent immunostaining was performed as previously described (Santra and Amack, 2021). Embryos were fixed in 4% paraformaldehyde +1% tween-20 in 1X phosphate-buffered saline (PBS) overnight at 4°C, and then dechorionated and permeabilized in 100% acetone at −20°C for 8 min. Next, the embryos were incubated in blocking solution (10% bovine serum albumin in 1X PBS) for 1 h at room temperature. Primary antibodies were diluted in blocking solution and incubated with embryos at 4°C overnight. Primary antibodies used in this study were anti-EGFP (GeneTex, GTX13970) diluted to 1:400, anti-phosphorylated Histone H3 (pHH3; Cell Signaling Technology, 9701S) diluted to 1:400, anti-mCherry (Abcam, ab183628) diluted to 1:200, and anti-acetylated tubulin (Sigma, T6793) diluted to 1:400. After the primary antibodies were removed, the embryos were washed in 1X PBS +1% Tween-20 (8 × 15 min washes) at room temperature and then incubated in blocking solution for 1 h at room temperature. Fluorescent secondary antibodies, Alexa Fluor 488 or 568 (Invitrogen) diluted 1:200 in blocking solution, were incubated with embryos at 4°C overnight. DAPI (Sigma) was also included at a dilution of 1:500. Embryos were imaged using either a Zeiss Axio Imager M1 compound microscope using a ×63 objective, or a Perkin-Elmer Ultra View Vox spinning disk confocal microscope using a ×40 objective, or a Nikon spinning disk confocal system (Yokogawa CSU-X1) using a ×40 objective.
Quantification of DFCs and KV cells
Immunostaining images were blinded and quantitatively analyzed using FIJI (NIH) software. To quantify DFC proliferation, the number of pHH3 positive DFCs and the total number of DFCs were manually counted in Tg(sox17:EGFP-caax) embryos as previously described (Gokey et al., 2015). The number of pHH3 positive DFCs was divided by the total number of DFCs to calculate the DFC mitotic index. To quantify the mitotic index of cells neighboring DFCs, a boundary was drawn around the DFC cluster and then pasted onto the field cells above the DFCs in the embryo (these are dorsal margin cells). The mitotic index of the dorsal margin cells within the boundary was calculated. To determine the area of KV, maximum projections of confocal images of EGFP immunostained Tg(sox17:EGFP-caax) embryos were used to manually trace the perimeter of KV in FIJI and measure the area. To quantify the number of cilia or cells in KV, acetylated tubulin positive cilia or DAPI stained nuclei in EGFP positive KV cells were manually counted in Tg(sox17:EGFP-caax) embryos using confocal Z-series through KV (Tay et al., 2013). For these quantitative analyses, drug treated embryos pooled from at least two independent experiments were compared to control DMSO treated embryos from the same experiments using an unpaired t-test with Welch’s correction.
RNA in situ hybridizations
For RNA in situ hybridizations, we followed a previously described protocol (Gao et al., 2010). An RNA probe complimentary to the southpaw (spaw) coding sequence was labeled with digoxygenin using a Roche DIG RNA labeling kit. Embryos were fixed using 4% paraformaldehyde. The fixed embryos were then incubated in a prehybridization solution, containing formamide, SSC (saline-sodium citrate), and blocking reagents. The probe was then added to the embryos and allowed to hybridize to the target mRNA at 60°C overnight. After hybridization, the samples are washed to remove the unbound probe using a series of stringent washes in SSC buffer with or without formamide. A Roche anti-digoxigenin antibody conjugated to alkaline phosphatase (Sigma) was used at a 1:1000 dilution for detection of digoxigenin and incubated at 4°C overnight. After a series of washes, alkaline phosphatase activity was detected via a colorimetric assay using NBT and BCIP (Roche). Images were acquired using a Ziess Discovery V12 Stereo microscope equipped with a Zeiss Axiocam MRc digital camera.
Cell cycle analysis
To assess cell cycle status in DFCs, Tg(Dual-FUCCI); Tg(sox17:EGFP-caax) embryos were fixed at specific developmental stages and fluorescently stained (see Immunostaining protocol details above) using anti-mCherry antibodies that recognize mCherry-Cdt1 and anti-EGFP antibodies that detect cerulean-Geminin. Images of the embryos were captured using a Perkin-Elmer Ultra View Vox spinning disk confocal microscope using a ×40 objective. FIJI (NIH) software was used to manually count the total number of DAPI stained nuclei in EGFP positive DFCs in a confocal Z-series through the DFC cluster, as well as the number of DFC nuclei with mCherry > EGFP staining intensity (defined as cells in G1) and EGFP > mCherry staining (defined as cells in S/G2/M). Cells with condensed DNA were included in the S/G2/M group. Treatments were compared using an unpaired t-test with Welch’s correction.
Generation of transgenic Tg(actb2:GCaMP6) zebrafish
To create a transgenic Ca2+ reporter zebrafish strain, we utilized Tol2 transgenesis technology and the GCaMP6f calcium sensor. Gateway cloning was performed as described in (Kwan et al., 2007) to assemble the Tol2 act2b-GCaMP6-pA transgene construct. A construct containing GCaMP6f (Chen et al., 2013) cDNA was a kind gift from David Raible, and the beta-actin 2 (actb2) promoter and polyadenylation (pA) sequences were obtained from the Tol2kit (Kwan et al., 2007). The Tol2 transgene (plasmid DNA) was injected into 1-cell wild-type TAB embryos with mRNA encoding Tol2 transposase enzyme. These embryos were screened for GCaMP6f positive founders as identified by GFP signal, and positive embryos were raised to adulthood. Founders were then out-crossed with wild-type TAB and the resulting embryos were screened for GFP positive signal to identify F1 fish. The brightest F1 embryos were raised to establish the Tg(actb2:GCaMP6)sny210 transgenic line.
Visualization and quantification of Ca2+ flux events in DFCs
Live double transgenic Tg(sox17:EGFP-CAAX,myl7:EGFP);Tg(actb2:GCaMP6) embryos in the chorion were immobilized in 1% agarose and imaged using a Perkin-Elmer Ultra View Vox spinning disk confocal microscope with a ×40 objective. A Z-series of images through the DFCs were captured every 15 s for 10–40 min. To determine the duration of cytoplasmic Ca2+ flux events, fluorescence intensity profiles were plotted for individual cells using FIJI (NIH) software to identify the start of a Ca2+ flux event (defined as the timepoint when the cytoplasmic GCaMP6f fluorescence intensity increased above baseline levels) and end of the event (defined as the timepoint when fluorescence intensity returned to baseline). To estimate the number of Ca2+ flux events that occurred in the DFC cluster over a defined time period, transient increases in GCaMP6 fluorescence intensity occurring in DFCs were manually counted for each Z-stack at every time point using Volocity (Perkin Elmer) or FIJI (NIH) software. To approximate the relative position of Ca2+ flux events in DFCs, the location of individual cells undergoing either cytoplasmic or nuclear Ca2+ flux were superimposed onto a maximum projection of the DFC cluster from each embryo analyzed. The DFC cluster was divided into quadrants based on the overall length and height of the cluster. Results were pooled from 10 embryos to determine the percentage of events in each quadrant.
Statistical analysis
For all data sets, an unpaired two-tailed t-test with Welch’s correction was used to calculate p values. A p-value less than 0.01 was considered a significant difference.
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SUPPLEMENTARY FIGURE S1 | SERCA inhibitor treatments do not alter the mitotic index of non-DFCs at the dorsal margin. (A) Representative merged images of pHH3 staining in Tg(sox17:EGFP-caax) embryos treated with 1% DMSO (control) or 1 μM Thaps at 60% epiboly for 60 min. (B) Bar graphs indicate average mitotic index of neighboring non-DFCs in DMSO (control) and 1 μM Thaps treated embryos and error bars represent one standard deviation. Each circle on the graph represents results from an individual embryo. An unpaired two-tailed t-test with Welch’s correction was used for statistical analysis. ns = not significant (p = 0.4446).
SUPPLEMENTARY FIGURE S2 | SERCA inhibitor treatments during epiboly alters heart looping. (A–B) Embryos at 2 days post-fertilization that were treated with 1% DMSO (control) (A) or 1 μM thapsigargin (B) at 60% epiboly for 60 min. (C–E) Representative images of normal rightward looping of the heart (arrow) in a control embryo (C), and midline (D) or reversed (E) looping in thapsigargin treated embryos. The heart was labeled by EGFP expression in cardiomyocytes. V = ventricle; A = atrium. (F) Rightward heart looping was observed in most control embryos, whereas the heart often remained along the midline or looped to the left in thapsigargin treated embryos. n = number of embryos analyzed.
SUPPLEMENTARY FIGURE S3 | Spatial location of DFC cytoplasmic Ca2+ flux events in individual embryos. Solid colored lines indicate the boundary of the DFC cluster in an individual embryo as determined by confocal images (see Figure 6B). The DFC cluster was divided into quadrants based on the overall length and height of the cluster. Colored ovals indicate the location of cytoplasmic Ca2+ flux events. Dashed lines group clusters of DFC cytoplasmic Ca2+ flux events. The DFC cluster for all 5 embryos were overlayed to create Figure 6C. L = left, R = right, A = anterior, P = posterior.
SUPPLEMENTARY FIGURE S4 | Spatial location of DFC nuclear Ca2+ fluxes in individual embryos. (A) Solid colored lines indicate the boundary of the DFC cluster in an individual embryo as determined by confocal images (see Figure 7B). The DFC cluster was divided into quadrants based on the overall length and height of the cluster. Colored ovals indicate the location of nuclear Ca2+ flux events. The DFC cluster for all 5 embryos were overlayed to create Figure 7C. (B–D) Location of DFC nuclear Ca2+ flux events in DFC quadrants (B), along the LR axis (C), and along the AP axis (D). L = left, R = right, A = anterior, P = posterior.
SUPPLEMENTARY MOVIE S1 | Visualization of Ca2+ dynamics in a Tg(act2b:GCaMP6f) embryonic heart. Confocal optical section through the beating embryonic heart detects transient increases in Ca2+ concentration (GCaMP6f fluorescence intensity) in cardiomyocytes visualized using the 16-colors lookup table (FIJI software).
SUPPLEMENTARY MOVIE S2 | Visualization of Ca2+ dynamics in a Tg(act2b:GCaMP6f) embryonic olfactory pit. Confocal imaging of the embryonic olfactory pit detects transient increases in Ca2+ concentration (GCaMP6f fluorescence intensity) visualized using the 16-colors lookup table (FIJI software).
SUPPLEMENTARY MOVIE S3 | Visualization of Ca2+ dynamics in a Tg(act2b:GCaMP6f) embryonic neuromast. Confocal imaging of an embryonic neuromast detects transient increases in Ca2+ concentration (GCaMP6f fluorescence intensity) visualized using the 16-colors lookup table (FIJI software).
SUPPLEMENTARY MOVIE S4 | Visualization of Ca2+ dynamics in DFCs. Time-lapse confocal imaging of Ca2+ flux events in wild-type Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryos starting at the 60% epiboly stage. DFC cell membranes are labeled by Tg(sox17:EGFPcaax) expression, and changes in Ca2+ concentration (GCaMP6f fluorescence intensity) are visualized using the cyan hot lookup table (FIJI software). This is a maximum projection of the entire DFC cluster. Timestamp = hours:minutes:seconds:milliseconds.
SUPPLEMENTARY MOVIE S5 | Visualization of Ca2+ dynamics in DMSO control treated DFCs. Timelapse confocal imaging of Ca2+ flux events in Tg(act2b:GCaMP6f); Tg(sox17:EGFPcaax) embryos treated with 1% DMSO at the 60% epiboly stage for 60 min. DFCs were imaged at at the 70% epiboly stage. DFC cell membranes are labeled by Tg(sox17:EGFP-caax) expression, and changes in Ca2+ concentration (GCaMP6f fluorescence intensity) are visualized using the cyan hot lookup table (FIJI software). This is a maximum projection of the entire DFC cluster. Timestamp = hours:minutes:seconds:milliseconds.
SUPPLEMENTARY MOVIE S6 | Visualization of Ca2+ dynamics in thapsigargin treated DFCs. Time-lapse confocal imaging of Ca2+ flux events in Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryos treated with 1 μM thapsigargin at the 60% epiboly stage for 60 min. DFCs were imaged at at the 70% epiboly stage. DFC cell membranes are labeled by Tg(sox17:EGFP-caax) expression, and changes in Ca2+ concentration (GCaMP6f fluorescence intensity) are visualized using the cyan hot lookup table (FIJI software). This is a maximum projection of the entire DFC cluster. Timestamp = hours:minutes:seconds:milliseconds.
SUPPLEMENTARY MOVIE S7 | Visualization of Ca2+ dynamics in cyclopiazonic acid treated DFCs. Time-lapse confocal imaging of Ca2+ flux events in Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryos treated with 100 μM cyclopiazonic acid at the 60% epiboly stage for 60 min. DFCs were imaged at at the 70% epiboly stage. DFC cell membranes are labeled by Tg(sox17:EGFP-caax) expression, and changes in Ca2+ concentration (GCaMP6f fluorescence intensity) are visualized using the cyan hot lookup table (FIJI software). This is a maximum projection of the entire DFC cluster. Timestamp = hours:minutes:seconds:milliseconds.
SUPPLEMENTARY MOVIE S8 | DFC behavior following cytoplasmic Ca2+ fluxes. The behavior of a DFC (arrow) in a Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryo that undergoes multiple cytoplasmic Ca2+ flux events (asterisks) was tracked for 20 min. These cytoplasmic Ca2+ flux events did not result in gross changes in DFC morphology, behavior, or position in this timeframe. This is a single focal plane within the DFC cluster. Timestamp = minutes:seconds.
SUPPLEMENTARY MOVIE S9 | DFC mitosis following nuclear Ca2+ flux. The behavior of a DFC (arrow) in a Tg(act2b:GCaMP6f); Tg(sox17:EGFP-caax) embryo that undergoes a nuclear Ca2+ flux event (asterisk) was tracked for 20 min. The DFC rounded up and divided into two daughter cells. This is a single focal plane within the DFC cluster. Timestamp = minutes:seconds.
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