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Obesity and metabolic syndrome pose a significant risk for developing cardiovascular disease and remain a critical healthcare challenge. Given the lymphatic system’s role as a nexus for lipid absorption, immune cell trafficking, interstitial fluid and macromolecule homeostasis maintenance, the impact of obesity and metabolic disease on lymphatic function is a burgeoning field in lymphatic research. Work over the past decade has progressed from the association of an obese phenotype with Prox1 haploinsufficiency and the identification of obesity as a risk factor for lymphedema to consistent findings of lymphatic collecting vessel dysfunction across multiple metabolic disease models and organisms and characterization of obesity-induced lymphedema in the morbidly obese. Critically, recent findings have suggested that restoration of lymphatic function can also ameliorate obesity and insulin resistance, positing lymphatic targeted therapies as relevant pharmacological interventions. There remain, however, significant gaps in our understanding of lymphatic collecting vessel function, particularly the mechanisms that regulate the spontaneous contractile activity required for active lymph propulsion and lymph return in humans. In this article, we will review the current findings on lymphatic architecture and collecting vessel function, including recent advances in the ionic basis of lymphatic muscle contractile activity. We will then discuss lymphatic dysfunction observed with metabolic disruption and potential pathways to target with pharmacological approaches to improve lymphatic collecting vessel function.
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INTRODUCTION
Obesity afflicts over one-third of the U.S. population, is one of the most critical predictors of metabolic syndrome as well as a significant driver of cardiovascular disease (Friedrich, 2017; Skinner et al., 2018; Garrido-Miguel et al., 2019). The metabolic syndrome is characterized by three or more concurrent metabolic conditions, including hyperglycemia, low high-density lipoprotein (HDL), hypertriglyceridemia, hypertension, and abdominal obesity associated with a greater risk of adverse cardiovascular disease and outcomes (Grundy et al., 2005). Many common rodent models of obesity or diabetes also result in a similar amalgamation of these metabolic perturbations (Wang and Liao, 2012; Lang et al., 2019), although assessing the presence of each of these parameters within the model being employed is often incomplete. Additionally, discrepancies in diet composition (Lang et al., 2019; Bastías-Pérez et al., 2020), diet length (Long et al., 2021), microbiome composition (Long et al., 2021), rodent age, and significant (and often unknown) variability in the genetic composition across mouse strains and substrains (Heiker et al., 2014) are likely to impart significant alterations in disease susceptibility and pathogenesis. This is especially salient with the ubiquitous use of transgenic and/or inducible knockout mouse models that may have incomplete backcrossing or mixed strain composition. It should be noted that mouse strain genetic profiling using SNPs is now commonplace and may help mitigate the substantial effects mouse strain and substrain impart on obesity models (Mekada and Yoshiki, 2021). While a complete profile of each of these variables is untenable, their inclusion will improve our ability to make cross-study observations on metabolic disease-induced lymphatic dysfunction. Despite these challenges, a consistent theme of lymphatic dysfunction, particularly lymphatic collecting vessel contractile dysfunction, has been observed across both diet-induced and genetic models employed in the pathology of metabolic disease over the past decade (Kataru et al., 2020). These findings have augmented our understanding of the serious complications metabolic diseases pose to the cardiovascular system and underlie the need for lymphatic-targeted pharmacological interventions (Jiang et al., 2019; Cao et al., 2021).
The relationship between metabolic disease and lymphatic dysfunction is readily appreciated in the clinical setting, with obesity and diabetes posing increased risk for postoperative lymphedema in cancer patients (Wetzig et al., 2017) and the identification of morbid obesity-induced lymphedema (Fife et al., 2008). While primary lymphedema is due to genetic malformations associated with lymphatic architecture or valve development, the majority of secondary lymphedema cases, not due to filariasis, are typically secondary to cancer therapies, including radiation, node dissection, and chemotherapy (Saaristo et al., 2002; Rockson and Rivera, 2008; Alitalo, 2011; Choi et al., 2012; DiSipio et al., 2013). Excluding the secondary lymphedema resulting from physical damage (which includes cancer-associated lymphadenectomy), obesity, inflammation, and other metabolic diseases are the major contributors of secondary lymphedema (Chakraborty et al., 2010; Greene and Maclellan, 2013; Mehrara and Greene, 2014; Greene et al., 2015; Greene et al., 2020). Lymphedema is a progressive disease characterized by swelling, fibrosis, adipose deposition, and increased risk of infection due to chronic lymphatic dysfunction. Critically, lymphedema patients also exhibit significant impairment in lymphatic collecting vessel contractile regulation with spontaneous contractions either absent, occurring at low frequencies, or with exceptionally weak amplitude (Olszewski, 2002, 2008). The development of obesity-induced lymphedema appears to be largely constrained to morbid obesity, with progressive risk for obesity-induced lymphedema occurring at a BMI over 40 (Greene and Sudduth, 2021) and is almost ubiquitous at BMIs over 60 (Sudduth and Greene, 2021). While weight loss in these patients can be achieved, lymphedema could be irreversible despite significant weight loss (Greene and Sudduth, 2021; Sudduth and Greene, 2021). Interestingly, while noting that lymphatic dysfunction occurs throughout the obesity spectrum (Blum et al., 2014), one study has identified a weight threshold of >40g is associated with more pronounced lymphatic dysfunction using a diet-induced obesity mouse model (Nitti et al., 2016). Lymphatic dysfunction likely contributes to the noted risk for infection (Yuan et al., 2019), sub-clinical peripheral edema, and adipose dysfunction noted in human disease (Jiang et al., 2019). Though perception on how lymphatic dysfunction aggravates metabolic syndrome, and reciprocally, the mechanisms by which metabolic disease impairs lymphatic function have progressed (Kataru et al., 2020), there are still significant knowledge gaps in our understanding of these phenomena that prevent the development of lymphatic-specific pharmacological interventions. To date, pharmacological therapies are still largely absent for either restoring or improving lymphatic contractile function or treating lymphedema. Ketoprofen, a 5-Lipooxygenase and cyclooxygenase inhibitor which showed promise in alleviating lymphatic dysfunction in a rodent model of lymphedema (Nakamura et al., 2009), has shown promise ameliorating the skin changes that occur with lymphedema but without a concurrent reduction in limb volume or bioimpedance (Rockson et al., 2018; Rockson, 2021). Clearly, there is still much work to be done to identify physiologically relevant and pharmacologically accessible targets to improve or restore lymphatic function.
The mechanisms by which obesity may interact with the gene pathways critical to lymphangiogenesis and lymphatic endothelial maintenance have been recently described (Norden and Kume, 2021; Ho and Srinivasan, 2020; Kataru et al., 2020). An examination of the effects of vasoactive molecules on lymphatic function and their respective pharmacological implications has also been recently discussed in the exhaustive review (Russell et al., 2021). In this article, we will review: 1) an introduction describing the links between obesity and metabolic syndrome with lymphatic dysfunction and lymphedema 2) a brief synopsis of the lymphatic vasculature to introduce the lymphatic collecting vessels; 3) our understanding of the necessity of the lymphatic pump in physiology; 4) ionic and molecular mechanisms underlying lymphatic contractions; 5) the role of eNOS in lymphatic collecting vessel function and dysfunction; 6) contractile dysfunction in metabolic disease; 7) potential pharmacological targets.
Lymphatic System and Architecture
The lymphatic system is critical to fluid movement from the interstitial space of the tissue parenchyma (Jamalian et al., 2017) and its transport as lymph through the lymphatic vasculature by both extrinsic and intrinsic forces (Bridenbaugh et al., 2003; Muthuchamy and Zawieja, 2008). In the majority of tissues in the body, interstitial fluid is generated by low-level filtrate from the microvasculature (Michel et al., 2020) and requires an equivalent volume of fluid, as lymph, return to prevent edema. Seemingly complicating the matter, interstitial pressure has been repeatedly measured to be sub-atmospheric (Clough and Smaje, 1978) and lymph must be transported against a net hydrostatic gradient (von der Weid and Zawieja, 2004; Zawieja, 2009; Castorena-Gonzalez et al., 2018) without the assistance of a centralized pump such as the heart. Nevertheless, the interconnected network of initial lymphatics, collecting lymphatic vessels, and lymph nodes that comprise the lymphatic system transport fluid and other critical contents including macromolecules, lipids/chylomicron, and antigen-presenting cells/immune cells from the interstitial space back to the circulation.
The lymphatic capillaries are composed of a single layer of lymphatic endothelial cells (LECs) without a continuous basement membrane and are tethered to the interstitium through anchoring filaments (Baluk et al., 2007; Norrmen et al., 2011). In lymphatic collecting vessels, lymphatic endothelial junctions link LECs into a continuous monolayer to restrict the transport of macromolecules across the endothelial barrier in a highly regulated manner. Therefore, maintaining the lymphatic endothelial barrier is critical for physiological lymphatic roles, including fluid homeostasis, lipid absorption (Cao et al., 2021; Cifarelli et al., 2021), immune cell regulation (Cromer and Zawieja, 2018), and adipose insulin sensitivity (Cao et al., 2021; Cifarelli et al., 2021). Through the use of immunofluorescence and electron microscopy, two types of lymphatic endothelial junctions have been described by their morphological appearance and apparent function; colloquially termed zipper-like junctions and discontinuous button-like junctions (Baluk et al., 2007; Yao et al., 2012). The button-like junctions are predominantly observed in lymphatic capillaries and are thought to serve as the primary lymphatic valves that permit fluid and particle entry into the lymphatic capillary. The current paradigm for fluid entry into the lymphatic capillary posits elevated interstitial pressure opens the intervening space between the button junctions via the tethering of the LECs to the interstitial matrix (Baluk et al., 2007), although transcellular mechanisms have also been suggested to be involved (Triacca et al., 2017). In contrast to the button-like junctions, the zipper-like junctions are predominantly found in the collecting lymphatic vessels. The paradigms regulating vessel permeability in the blood vasculature appear to be recapitulated in lymphatic endothelial barrier regulation in the lymphatic collecting vessels (Scallan and Huxley, 2010; Scallan et al., 2013). Lymphatic collecting vessel permeability has been documented under metabolic disease conditions, including hyperglycemia (Lee et al., 2018), diabetes (Scallan et al., 2015), and adipose dysfunction (Kuan et al., 2015; Cao et al., 2021). These alterations in lymphatic collecting vessel permeability are unsurprising given the extensive investiture and association of immune cells within the lymphatic collecting vessels (Bridenbaugh et al., 2013; Chakraborty et al., 2015; Zawieja et al., 2016b; Ivanov et al., 2016; Randolph et al., 2016; Cromer and Zawieja, 2018) and the role inflammatory cytokines play in regulating lymphatic endothelial barrier integrity (Cromer et al., 2014). It should be noted that both button and zipper junctions are observed in the lymphatic capillaries found in the villi of the intestine, termed lacteals, and these junctions are dynamically regulated for proper lipoprotein uptake and normal fat absorption (Bernier-Latmani and Petrova, 2017; Zhang et al., 2018). Targeting the intestinal lacteals (Bernier-Latmani et al., 2015; Nurmi et al., 2015) or the LEC-LEC junctions (Zhang et al., 2018) in the lacteal hold promise as potential pharmacological targets in obesity. LEC junction regulation in metabolic disease has been reviewed elsewhere (Zhang et al., 2018; Norden and Kume, 2021; Kataru et al., 2020).
In the vast majority of vascular beds, interstitial fluid is constantly formed from a low-level capillary filtration required to support the steady state oncotic pressure difference across the vascular wall (Levick and Michel, 2010; Michel et al., 2020). The mechanism(s), and the necessary forces they must generate, to regulate lymph formation under physiological conditions are still being queried. Once in the lymphatic capillary, lymph is then moved towards the larger collecting lymphatic vessels that consist of LECs basement membrane and are surrounded by lymphatic muscle cells (LMCs) (Muthuchamy et al., 2003; Petrova et al., 2004; Muthuchamy and Zawieja, 2008). The LMCs contain a unique combination of striated and smooth muscle components that enable the rapid tonic and phasic contractions of lymphatic vessels (Muthuchamy et al., 2003; Muthuchamy and Zawieja, 2008). These lymphatic contractions may also promote lymph formation in the upstream capillaries that exist in tissues with sub-atmospheric pressure. Jamalian et al., 2017 provided evidence for a suction effect that could be transmitted upstream during the relaxation phase of the lymphatic collecting vessel contraction (Jamalian et al., 2017). After passing through multiple chains of lymph nodes and larger collecting lymphatic vessels, the lymph is eventually transported to the thoracic duct that merges into the blood circulation via the left subclavian veins. In addition, lymph fluid from the right side of the body above the diaphragm, including the right section of the trunk, right arm, and right side of the head and neck, will be drained by the right jugular duct (Zawieja, 2009).
Physiology of the Lymphatic Pump and Importance of LMCs in Lymphatic Contraction
The lymphatic system utilizes energy for propelling lymph flow through the lymphatic network via unique lymphatic pumping mechanisms (Hargens and Zweifach, 1977; von der Weid and Zawieja, 2004; Muthuchamy and Zawieja, 2008; Zawieja, 2009). Several motive forces generate lymph flow centrally with functional lymphatic secondary valves between lymphangions (Mislin, 1976; Zawieja et al., 1993; Zawieja, 1996). Based on the source of energy, the forces that regulate lymphatic pumping can be divided into two categories: 1) the intrinsic or active lymph force and 2) the extrinsic or passive lymph pump. The intrinsic or active pumps are critical for lymph flow in most lymphatic beds, yet mammals do not possess the lymph hearts as lower vertebrates species for pumping the lymph. Instead, the coordinated contractions of LMCs within the lymphangion act as pumps that generate the lymph flow (Muthuchamy et al., 2003; Muthuchamy and Zawieja, 2008) and this contractile activity is heavily dependent on pressure (McHale and Roddie, 1976; Hargens and Zweifach, 1977).
Lymphatic contraction is regulated by combinations of various autonomous and paracrine factors, including the surrounding microenvironment of lymphatic vessels and adjacent tissue beds (Mislin, 1976; Olszewski and Engeset, 1979; Bridenbaugh et al., 2003; von der Weid and Zawieja, 2004), and likely responsive to the contents of lymph itself, especially under pathophysiological states. Thus, like the smooth muscle vasculature of the blood circulation, the lymphatic muscle cells respond to both physical, biochemical, and immunological signals to regulate lymph output from their draining tissue. Expectedly, this tissue specificity is recapitulated in the contractile behavior displayed by lymphatic collecting vessels studied from separate tissues when exposed to the same stimuli (Gashev et al., 2002; Zawieja et al., 2018) and with significant morphological and contractile differences noted across species (Scallan et al., 2016). Conceptually, the field has organized this spectrum of contractile activity into two broad teleological categories, including a “pump” behavior noted in the smaller and pre-nodal vessels and a ‘conduit behavior in the larger lymphatic ducts (Quick et al., 2009). There is evidence for metabolic disease impairing both of these behaviors (Zawieja et al., 2012; Blum et al., 2014; Zawieja et al., 2016a). Lymphatic collecting vessels exhibit rhythmic, fast phasic contractions that drive lymph flow largely as a consequence of generating the pressure stimuli necessary to open the downstream valve and expel the lymph into the next lymphangion. Additionally, lymphatic collecting vessels display lymphatic tonic contraction, and in some cases myogenic constriction (Zawieja et al., 2018), which can also be modulated by lymph flow associated with local, neural, and humoral factors, including α-adrenergic agonist, prostaglandins, bradykinin, substance p (Bridenbaugh et al., 2003; von der Weid and Zawieja, 2004; Muthuchamy and Zawieja, 2008; Russell et al., 2021). These factors modulate lymphatic collecting vessel tone and thus alter resistance to lymph flow to promote or impede lymph flow from the upstream lymphatic bed (Davis et al., 2008; Dougherty et al., 2008; Muthuchamy and Zawieja, 2008; von der Weid and Muthuchamy, 2010; Davis et al., 2012). More recently, quantitative assessments of lymphatic secondary valve function have also shown the importance of lymphatic vessel diameter, and thus lymphatic tone regulation, as the pressure differential required to close the lymphatic valve is seemingly affected by not only lymphatic valve leaflets but also the diameter of the lymphatic vessel (Bertram et al., 2014; Bertram et al., 2017; Lapinski et al., 2017). Lymphatic valves can become incompetent in human lymphedema (Olszewski, 2002); however, whether lymphatic valve function is also impaired in obesity is currently being assessed. Recent findings (Niimi et al., 2021; Scallan et al., 2021) have unveiled a role for FoxO1 as a repressor of lymphatic valve formation, and its inhibition or deletion could be a therapeutic option to increase both the number of valves and possibly the function of existing lymphatic valves.
During the intrinsic phasic contraction, LMCs generate coordinated contraction, mediated by electrical coupling of the lymphatic muscle cells by connexins (Zawieja et al., 1993; Castorena-Gonzalez et al., 2018; Hald et al., 2018), that modulates lymph flow through a lymphatic bed (Mislin, 1976; Olszewski and Engeset, 1979; McHale and Meharg, 1992; Zawieja et al., 1993; Zawieja, 1996). The unique lymphatic contractile characteristic results from the special feature of LMCs that comprise both smooth and striated muscle regulatory mechanisms to accomplish essential functions in the maintenance of the lymph flow (Muthuchamy et al., 2003).
Molecular Mechanisms of Lymphatic Contraction

a) Role of membrane potential and L-type dependent Ca2+ influx in lymphatic contractility
Similar to cardiac or classical smooth muscle, LMCs are excitable cells with each contraction driven by an action potential (AP) (Kirkpatrick and McHale, 1977; Van Helden, 1993). Thus far, APs have been recorded from lymphatic collecting vessels isolated from a host species including human (Telinius et al., 2014b), sheep (Beckett et al., 2007), bovine (Azuma et al., 1977; McHale et al., 1980), mouse (Zawieja et al., 2018; Zawieja et al., 2019; To et al., 2020), rat (von der Weid et al., 2014), and guinea pig (Van Helden, 1993; von der Weid, 1998). Despite appreciable differences in AP shape (suggesting significant differences in the symphony of ion channels involved), AP duration, frequency, and resting membrane potential across these species, L-type voltage-gated Ca2+ channels remain fundamentally necessary for lymphatic collecting vessel APs and contractions (Cotton et al., 1997; Hollywood et al., 1997; von der Weid and Van Helden, 1997; Beckett et al., 2007; Lee et al., 2014; Telinius et al., 2014b; Zawieja et al., 2018; To et al., 2020). Lymphatic contractions cease upon maximal L-type calcium channel inhibition, oftentimes complicating pharmacological investigations into the contributions of other ion channels using pharmacological tools due to frequent off-target side effects on L-type calcium channels (Boedtkjer et al., 2015). In mice, the LMCs appear to express the smooth muscle Cav1.2 isoform (with Exon1b), and deletion of Cav1.2 using a smooth muscle-specific Cre (MHC11CreERT2) stops murine lymphatic vessel contractions (To et al., 2020). Intriguingly, Telinius et al. (2014b) reported expression of the cardiac Cav1.2 splice isoform exon 8a in the human thoracic duct (although not confirmed to be LMC specific) (Telinius et al., 2014b), a finding also supported, albeit inconsistently, in murine lymphatic collecting vessels (To et al., 2020). Nonetheless, sub-maximal concentrations of L-type blockers consistently reduce contraction amplitude and force production by the lymphatic muscle (Lee et al., 2014; To et al., 2020). L-type calcium channel blockers are used pharmacologically to treat hypertension, but the concentrations achieved do not seem to impair lymphatic contractions in vivo (Telinius et al., 2014b). Conversely, the L-type dihydropyridine channel agonist BayK8644, which can increase the open probability of the L-type channel (Nowycky et al., 1985), significantly increases lymphatic contraction amplitude. A slight reduction in murine collecting vessel contraction frequency is also observed with BayK8644 stimulation (Zawieja et al., 2018; To et al., 2020), likely as a consequence of elongating the AP plateau and a concomitant increase in the duration of the calcium transient associated with the AP in the mouse (Zawieja et al., 2018; Zawieja et al., 2019). L-type calcium channel inhibition with nifedipine also consistently depolarizes LMCs (Van Helden, 1993; von der Weid et al., 2008; Telinius et al., 2014b). Thus, a reduction in LMC L-type calcium channel activity under metabolic disease states may manifest as decreased contraction amplitude and could be accompanied by a slight increase in contraction frequency in rodents but perhaps not humans (Telinius et al., 2014b; To et al., 2020).
Owing to the difficulty in isolating LMCs and recording L-type currents, many questions remain regarding the regulation of L-type calcium channels and their post-translational modifications signaling and scaffolding partners in LMCs under both physiological conditions and in the metabolic disease state. In arterial vascular smooth muscle, high glucose or high-fat diet has been shown to increase L-type calcium channel activity directly (Navedo et al., 2010) and indirectly through the dysregulation of potassium channels and thereby the resting membrane potential (Rainbow et al., 2006; Borbouse et al., 2009; Straub et al., 2009; Nystoriak et al., 2014; Nieves-Cintrón et al., 2016; Greenstein et al., 2020). Work by Nystoriak et al., 2017 demonstrated a direct increase in L-type calcium channel activity contributes to increased myogenic tone and hypertension in response to either acute high glucose or high-fat diet-induced obesity. Increased L-type calcium channel activity and arterial hypercontractility were mediated by PKA-dependent phosphorylation of the pore-forming subunit α1c at Ser 1928 (Nystoriak et al., 2017), which required the scaffolding molecule AKAP150. Whether obesity and metabolic syndrome might affect L-type currents in LMCs has yet to be thoroughly addressed. Further complicating the issue, Cav1.2 involvement in lymphatic collecting vessel tone and frequency may be species and/or vessel bed dependent (Muthuchamy and Zawieja, 2008; Telinius et al., 2014b; Lee et al., 2014; Zawieja et al., 2018; To et al., 2020). Lymphatic collecting vessel tone was not significantly affected in murine popliteal vessels exposed to nifedipine or BayK8644 (To et al., 2020), but lymphatic popliteal collecting vessels from smooth muscle specific Cav1.2KO mice had a significant increase in vessel tone compared to controls (To et al., 2020) Curiously, while 1uM nifedipine does not significantly lower murine popliteal lymphatic vessel tone (To et al., 2020), excessive hyperpolarization of murine LMCs with either KATP channel agonist pinacidil (Davis et al., 2020) or the BK channel activator, NS11021 (Kim et al., 2021) results in significant dilation. These findings, in addition to the elevated murine popliteal lymphatic vessel tone noted in smooth muscle Cav1.2 KO mice, raise interesting questions regarding the role of L-type calcium channels and membrane potential regulation in setting murine lymphatic vessel tone. Targeting L-type calcium channels to improve lymphatic collecting vessel contraction amplitude and function in metabolic disease is seemingly constrained by the potential exacerbation of hypertension in the arterial vasculature, especially in light of the dichotomous findings of nifedipine in vivo by Telinius et al., 2014b. Identifying differences in scaffolding or adapter proteins that associate with Cav1.2 or Cav1.2 regulation by phosphorylation and kinases between the arterial smooth muscle cells and LMCs may provide some specific mechanisms for L-type calcium channel targeting with pharmacological approaches.
b) Role of chloride and the calcium-activated chloride channel Ano1 in lymphatic muscle pacemaking
The elongation of the AP duration in murine lymphatic collecting vessels with BayK8644 is seemingly due to L-type calcium influx either directly or indirectly (such as with calcium-induced calcium release) activating the calcium-activated chloride channel, Anoctamin 1 (Ano1) (Toland et al., 2000; Zawieja et al., 2018; Zawieja et al., 2019). The deletion of Ano1 from murine or LMCs or the inhibition of Ano1 pharmacologically significantly altered the murine lymphatic AP, resulting in an action potential characterized by a significantly higher peak membrane potential and an abrogated plateau phase compared to wildtypes (Zawieja et al., 2019). The role of a calcium-activated chloride channel in lymphatic muscle has been appreciated for decades (Van Helden, 1993; Toland et al., 2000; Beckett et al., 2007). Ano1 (also referred to as TMEM16a) was identified as the major calcium-activated channel in human lymphatic thoracic duct and was critically involved in the regulation of spontaneous and alpha-adrenoreceptor contractility (Mohanakumar et al., 2018). The importance of Ano1 in lymphatic pacemaking regulation was further supported by the use of multiple murine models of inducible smooth muscle-specific deletion of Ano1 to specifically target Ano1 in the LMCs (Zawieja et al., 2019). In mice, the reduction in contraction frequency was due to a reduction in the recorded ‘diastolic depolarization’ slope apparent in the mouse recordings (Zawieja et al., 2018; Zawieja et al., 2019), although this diastolic depolarization slope was not significantly elevated when 100 nM BayK8644 was present. Thus, it is tempting to speculate that Ano1, at least in murine lymphatic collecting vessels, may be separately activated by calcium from voltage-gated L-type calcium channels, as likely occurs during the plateau phase of the AP, and that transient subcellular calcium sources seem to activate Ano1 and drive the spontaneous transient inward currents that underlie spontaneous transient depolarizations and the diastolic depolarization phase. As Ano1 is necessary for normal murine lymphatic collecting vessel pacemaking (Zawieja et al., 2019), its expression and activation in LMCs under conditions of metabolic syndrome are of significant interest given the consistency in which impaired lymphatic contraction frequency has been described (Zawieja et al., 2012; Blum et al., 2014; Garcia Nores et al., 2016). In the blood vasculature, Ano1 has also been linked to the hypertensive phenotype associated with high-fat feeding. Leo et al., 2021 observed an increase in Ano1 mRNA expression, protein, and Cl− current density in hindlimb arterial muscle cells in mice fed a high-fat diet for 18 weeks and given streptozotocin in week 14 to mimic the human Type 2 diabetic human phenotype (Leo et al., 2021). Similar investigations into changes in Ano1 expression, regulation of the calcium stores that activate Ano1, and chloride currents in LMCs in models of metabolic syndrome are required. The targeting of Ano1 as a hypertensive therapy could have undesirable effects not only on lymphatic collecting vessel pacemaking activity but also on the regulation of smooth muscle organs that rely on cKit + interstitial cells of Cajal, in which require Ano1 is required for normal slow-wave activity and smooth muscle coordination (Zhu et al., 2009; Cobine et al., 2017; Drumm et al., 2021). However, increasing Ano1 activity to increase lymphatic contraction frequency could also exacerbate hypertension.
Either direct inhibition of Ano1 (Mohanakumar et al., 2018; Zawieja et al., 2019) or alteration of the intracellular chloride concentration (and thus the chloride reversal potential), driven by sodium-potassium-chloride cotransporter (NKCC1) in LMCs, results in hyperpolarization of the LMCs and depressed contraction frequency (Mohanakumar et al., 2018). Mohanakumar et al., 2018 also highlight a clinically relevant consideration for the use of the loop diuretic furosemide (with similar results expected for bumetanide), which inhibits both the kidney-specific NKCC2 and NKCC1 equally and is shown to impair human thoracic duct contractility (Mohanakumar et al., 2018). These findings have been recapitulated in the rat renal lymphatic collecting vessels where NKCC1 inhibition with furosemide decreased bothlymphaticc collecting vessel tone and contraction frequency (Shelton et al., 2020). Inhibition of NKCC1 has been repeatedly demonstrated to lower arterial tone by reducing vascular smooth muscle intracellular chlroide accumulation, thus lowering the chloride reversal potential and hyperpolarizing the muscle cell (Bulley and Jaggar, 2014; Orlov et al., 2015). Hyperpolarization was also observed in the human thoracic duct when chlroide free solutions were applied (Mohanakumar et al., 2018). Inhibition of NKCC1 is being considered as a potential hypertension therapy (Orlov et al., 2015), although how clinically relevant furosemide concentrations affect lymphatic contractile activity in vivo must be further evaluated.
c) Role of membrane potential regulation by potassium channels
Potassium channels are critical to setting resting membrane potential in vascular smooth muscle cells. In this role, potassium channels regulate activation of voltage gated calcium channels and arterial contraction (Tykocki et al., 2017). Five major classes of potassium channels have been identified in vascular muscle cells and there is evidence that at least four of these classes represented in LMCs across multiple species (Telinius et al., 2014a; Russell et al., 2021). These include calcium-activated potassium channels (BKCa, IkCa, SkCa), inward rectifiers (Kir and KATP), and voltage gated potassium channels (KV). Direct evidence for the two-pore domain potassium channels (K2P) has not been determined in lymphatic muscle. KCa, Kv, and Kir have each been identified in lymphatic muscle through the use of pharmacological inhibitors of varying specificities or potassium substitution, although the specific isoforms and their respective functions has not been fully elucidated as of yet (Allen and McHale, 1988; Cotton et al., 1997; von der Weid and Van Helden, 1997; Beckett et al., 2007; Telinius et al., 2014a).
The limited data within the lymphatic literature detailing potassium channels in LMC regulations is likely constrained by the necessity of sophisticated patch clamp approaches using freshly isolated LMCs in combination with novel genetic knockout approaches to supplement isobaric or isometric data. The first LMC patch clamp study was performed using LMCs isolated from sheep mesenteric vessels (Cotton et al., 1997), in part due to the accessibility of more LMCs compared to rodent vessels, which identified BK channels as the dominant source of the calcium-activated outward current using BK specific inhibitors, Penitrem A and iberiotoxin. Evidence for BK channels has also been documented in human thoracic ducts (Telinius et al., 2014a), in sheep mesenteric LMCs (Beckett et al., 2007), and recently in murine lymphatic LMCs (Kim et al., 2021). Of note, the BK channel inhibitor paxilline has been demonstrated to potently inhibit 90% of calcium-activated chloride current, while iberiotoxin and Pentirem A each reduced calcium-activated chloride current by 20% (Sones et al., 2009). In human thoracic duct isometric preparations, BK inhibition with paxilline increased AP frequency but not amplitude or tone (Telinius et al., 2014a). Similarly, BK inhibition with either iberiotoxin or Penitrem A in mouse popliteal vessels increased contraction frequency, but not amplitude or tone (Kim et al., 2021). In contrast, BK inhibition with Penitrem A in the sheep mesentery decreased frequency without a significant change in resting membrane potential, significantly increased AP amplitude and duration, and was suggested to play a role in early repolarization in the AP. In arterial muscle, BK channels are typically activated by ‘calcium sparks’ which are dependent on ryanodine receptors (RYR) resulting in spontaneous transient outward currents (STOCs) that hyperpolarize vascular smooth muscle and oppose constriction (Nelson et al., 1995). Additionally, calcium sparks and STOCs increase in arterial muscle cells when pressure is raised (Khavandi et al., 2016) and act as a brake on myogenic constriction. This mechanism is dysregulated in high-fat diet induced hypertension (Greenstein et al., 2020). However, a similar role for the RYR-Spark-BK-STOC paradigm in LMCs has yet to be thoroughly addressed.
BK channels have been implicated in the vasodilatory actions of nitric oxide in guinea pig mesenteric vessels (von der Weid and Van Helden, 1997) and recently in murine popliteal collecting vessels (Kim et al., 2021). This suggests that BK channels may play a role in mediating the NO-dependent lymphatic contractile dysfunction observed in obese and metabolic syndrome disease models. The current data regarding the role of Kv or Kir channels in lymphatic muscle remains limited due to the use of the broad potassium channel blocker tetraethylammonium (TEA), the non-selective Kv channel inhibitor 4-AP, and barium chloride used to inhibit Kir. Telnius et al. (2014a) provided a critical assessment of the potassium channels present in their isometric human thoracic duct preparation. They identified mRNA for Kv1.2 (KCNA2), BKCa (KCNMA1), and Kir2.1 (KCNJ2) as well as the KATP pore forming subunits Kir6.1 and Kir6.2. Given the significant contractile differences observed across tissues beds, it seems likely that this is not a complete profile of all the potassium channels expressed in human LMCs. Neither has an exhaustive assessment of K+ channels been performed in mouse or other common rodent models. Kir channels appear poised to regulate resting membrane potential as increasing external potassium to 10 mM hyperpolarized humans LMCs (Telinius et al., 2014a) and inhibiting Kir with barium depolarized LMC resting membrane potential and increased contraction frequency. Kv channels also appear to be involved in the repolarization phase of the AP and inhibition with 4-AP consistently drove an acute increase in contraction frequency and amplitude (Telinius et al., 2014a). Whether murine LMCs express a similar profile of KV and Kir channels has yet to be determined, but their roles in regulating both contraction frequency and amplitude may offer hope for therapeutic targeting to restore lymphatic contractility. However, therapeutic goals for restoring lymphatic contractility in metabolic disease will undoubtedly be complicated by the fact that excessive arterial contractility is driving the hypertensive conditions associated with metabolic disease. Downregulation of Kv2.1 (KCNJ2) (Nieves-Cintrón et al., 2016) channel activity has been identified in high-fat fed obesity murine models resulting in increased arterial tone and contractility. Thus, lymphatic specific targeting of K+ channels may run the risk promoting or exacerbating hypertension in the patient.
d) Role of SR calcium handling proteins in lymphatic contractility
Using fluorescent calcium dyes (Fluo4, Fura2) (von der Weid et al., 2008; Jo et al., 2019; Stolarz et al., 2019) or endogenously expressed calcium sensors (GCaMPs, RCAMPs) (Castorena-Gonzalez et al., 2018; Zawieja et al., 2019), the global calcium events in lymphatic muscle via L-type calcium channels have been imaged. In addition to the global calcium flashes associated with the APs, spontaneous subcellular calcium transients have been observed during the diastolic period in lymphatic muscle (von der Weid et al., 2008; Castorena-Gonzalez et al., 2018; Zawieja et al., 2019). These calcium ‘puffs’ have been hypothesized to be the calcium source coupled to Ano1 activation and its role in determining LMC excitability and pacemaking (Van Helden, 1993; Imtiaz et al., 2007; von der Weid et al., 2008). The current prevailing hypothesis is that inositol triphosphate receptors mediate calcium efflux from the sarcoendoplasmic reticulum (SR), as vessel contraction or spontaneous transient depolarizations were not affected by ryanodine application in guinea pig mesenteric lymphatic vessels (von der Weid et al., 2008). Conservation of such a seemingly central signaling pathway across mammalian species seems likely, and more work identifying the specific inositol trisphosphate receptor (IP3R) in mouse and human lymphatic collecting vessels is required. However, recent work has demonstrated that rat LMCs also express functional ryanodine receptors (RYR) (Jo et al., 2019; Stolarz et al., 2019; Van et al., 2021) although the expression and role of RYR1 and RYR2 in LMCs remains controversial. Critically, doxorubicin, a chemotherapeutic drug has been linked to lymphedema (Stolarz et al., 2019), impairs lymphatic pumping in a ryanodine receptor-dependent mechanism and this effect is antagonized by the RYR1/3 inhibitor dantrolene (Van et al., 2021). Doxorubicin appears to activate calcium leak from the RYR expressed in the LMCs, and a similar inhibition and calcium leak effect can be achieved with low concentration ryanodine which itself can induce a sub-conductance state and allow calcium to leak from the SR (Jo et al., 2019). The cessation of contractions in response to ryanodine is likely due to sustained depolarization by calcium overload in the cytosol, potentially activating Ano1 or other calcium-activated inward currents and thus preventing the necessary repolarization required to relieve inhibition of L-type calcium channels for oscillatory behavior. Whether doxorubicin, which has profound oxidative properties, is oxidizing ryanodine receptors (or which isoform of ryanodine receptors) or other critical channels such as voltage gated calcium channels or KATP channels remains unresolved. Increased ROS production is commonly associated with vascular dysfunction in obesity and metabolic syndrome. Aside from the reduction of NO bioavailability, ROS produced in LMCs or LECs of lymphatic collecting vessels could result in RYR oxidation and calcium leak from the SR. Lastly, dantrolene’s inhibitory effect is specific to RYR1 and RYR3, hence its use in malignant hyperthermia. However there is evidence in the cardiac literature that dantrolene may stabilize oxidized ryanodine two receptors and prevent aberrant calcium release (Oda et al., 2015). Whether oxidized RYRs are playing a role in lymphatic collecting vessel dysfunction in metabolic syndrome and can be ameliorated pharmacologically with dantrolene is worth assessing. Genetic manipulation and/or knockout strategies of both specific RYRS and IP3Rs will likely be required to achieve more clarity on this situation.
Recent work in the blood vasculature has reignited interest in the mechanisms by which nitric oxide can cause vessel dilation (Ali et al., 2021). In 2000, Schlossmann et al. identified an IP3R-associated cGMP kinase substrate (IRAG) (Schlossmann et al., 2000) as a mechanism by which NO-cGMP-PKG signaling could inhibit IP3R mediated calcium release. The role of NO-cGMP-PKG-phosphoRAG in mediating vasodilation (Desch et al., 2010) was recently confirmed and explained in more detail by Ali et al., 2021, as TRPM4 transient inward currents were abolished by NO, except when IRAG was knocked down using silencing morpholinos. While TRPM4 has yet to be identified in LMCs, investigations into IRAG modulating IP3-mediated calcium releases in LMCs is warranted, particularly as it pertains to activation of Ano1 and regulation of lymphatic contraction frequency. Lastly, the SR store refilling by SERCA in LMCs (Lee et al., 2020) and the calcium sources utilized to refill the store remain underappreciated in lymphatic muscle. Questions remain as to whether the components of the store operated calcium entry, Stim and Orai, are expressed and if they are functional as would be expected for calcium homeostatic control with frequent SR calcium release (Emrich et al., 2021).
e) Role of myofilament proteins in lymphatic contractility
While intracellular calcium has been considered a key contractile regulator, the role of calcium in the context of lymphatic contractile filament regulation for both basal vessel tone and contraction amplitude is still not fully understood. Understanding this regulation appears to be of significant importance, as lymphatic collecting vessels from lymphedema patients are characterized as dilated and flaccid vessels with poor contraction amplitude (Olszewski and Engeset, 1979). This, in addition to the absence or reduction in frequency of contractions in lymphedema patients, suggests impairment in the LMCs contractile machinery regulation or contractile phenotype maintenance. In thick filament regulation of smooth muscle, increased Ca2+ binds to calmodulin, and the Ca2+-calmodulin complex then activates myosin light chain kinase (MLCK). MCLK then phosphorylates regulatory myosin light chain 20 (MLC20), which activates myosin ATPase and the interaction of myosin with actin. Therefore, MLC20 phosphorylation promotes muscle contraction. In contrast, decreased intracellular calcium inactivates MLCK, thus lowering MLC20 phosphorylation levels by myosin light chain phosphatase (MLCP) and promoting vessel relaxation. Our laboratory previously found that MLC20 phosphorylation is a key component for both lymphatic vessel phasic and tonic contractions (Wang et al., 2009; Nepiyushchikh et al., 2011). Our data indicated two important points: 1) the status of the mono- and di-phosphorylation forms of MLC20 affects both tonic and phasic components of lymphatic contractions; and 2) the di-phosphorylation of MLC20 regulates the pressure-dependent changes in tonic contractions. The importance of the regulatory roles of MLC20 in lymphatic contractions was also confirmed by enhancing Rho-associated kinase (ROCK) (Kurtz et al., 2014) or by inhibiting ROCK (Hosaka et al., 2003; Si et al., 2013). ROCK increases calcium sensitization by phosphorylating the MYPT1 subunit of MLCP to inhibit its activity (Somlyo and Somlyo, 2004; Pang et al., 2005). Inhibition of MLCP shifts the kinase and phosphatase balance in favor of MLCK, thus a greater level of MLC20 phosphorylation is achieved at a given intracellular Ca2+ in the lymphatic vessel. Expectedly, inhibition of ROCK decreased lymphatic tone in the iliac collecting lymphatic vessels and thoracic duct (Hosaka et al., 2003; Si et al., 2013). In mesentery collecting lymphatic vessels, inhibiting ROCK decreased tone, contractile amplitude, and lymph flow while enhancing ROCK increased tone (Kurtz et al., 2014). The inhibition of MLCP is also mediated by direct binding and the inhibition of protein kinase C (PKC)-potentiated phosphatase inhibitor of 17 kDa (CPI17) (Somlyo and Somlyo, 2004; Pang et al., 2005; Berridge, 2008). When PKC was activated by phorbol ester, smooth muscle contraction was promoted independently of Ca2+ by MLCP inhibition (Jiang and Morgan, 1987, 1989; Masuo et al., 1994). Lymphatic vessels exhibited decreased Ca2+ sensitivity by reducing CPI-17 after β-escin permeabilization (Dougherty et al., 2008). A previous study showed that both MLC-dependent and MLC-independent mechanisms contribute to the Ca2+ sensitivity. Application of phorbol ester promoted MLC20 phosphorylation and an enhancement of tension of isolated permeabilized lymphatic, while later steady-state increased Ca2+ sensitivity independent of MLC20 phosphorylation (Dougherty et al., 2014). Conversely, activation of either PKA and PKG have noted dilatory effects on lymphatic muscle (Scallan et al., 2016), likely through inhibition of RhoA phosphorylation and suppression of ROCK activity (Murthy et al., 2003). High concentrations of caffeine (high μM -mM) also results in dilation of lymphatic vessels, typically after a transient large contraction driven by calcium release from RYRs (Jo et al., 2019). This is likely due in part to caffeine’s non-selective inhibition of phosphodiesterases (PDEs).
Role of Endothelial Nitric Oxide Synthesis in Lymphatic Contractility
Nitric oxide (NO), a well-known vasodilator, is also an essential regulator of lymphatic pumping (Yokoyama and Ohhashi, 1993; von der Weid et al., 1996; von der Weid et al., 2001; Gasheva et al., 2006; Bohlen et al., 2009; Bohlen et al., 2011). The elevation of NO contributes to the subsequent relaxation of lymphatic vessels, especially after a contraction (Gashev et al., 2002; Gasheva et al., 2006). NO inhibition impaired relaxation during diastole, which further diminished refilling of the lymph pump and stroke volume. Exogenous NO decreases the lymphatic contractile frequency with increased passive lymph flow, indicating a negative chronotropic effect of NO (Gashev et al., 2002; Gasheva et al., 2006; Scallan and Davis, 2013). Inhibition of eNOS enhanced lymphatic contractile amplitude in rat mesenteric lymphatic with increased basal tone (Nagai et al., 2011). Enhanced wall shear stress activates eNOS in LECs to produce NO during lymphatic contractile cycles (Bohlen et al., 2009). LECs in lymphatic capillaries are exposed to unidirectional laminar flow, while LECs in collecting lymphatics experience oscillatory flow (Choi et al., 2017). Interestingly, the direction of flow does not affect the flow effect on reduced contractile frequency. However, lymphatic contractile amplitude inhibition due to increased flow is influenced by the direction of the flow (Gashev, 2008). Unidirectional flow exhibited a stronger negative inotropic effect than the oscillatory flow. And the chronotropic effect was observed prior to the ionotropic consequences of flow in rat collecting lymphatics (Gashev, 2008).
Lymphatic contractile dysfunction in metabolic disease; distinct features of phasic and tonic contraction
Several studies consistently show a strong correlation between metabolic syndrome pathology and lymphatic dysfunction (Chakraborty et al., 2010; Zawieja et al., 2012; Weitman et al., 2013; Blum et al., 2014; Savetsky et al., 2014; Chakraborty et al., 2015; Scallan et al., 2015; Zawieja et al., 2016a; Zawieja et al., 2016b; Garcia Nores et al., 2016; Nitti et al., 2016; Lee et al., 2017; Lee et al., 2018; Lee et al., 2020). Recent clinical studies with patients at various stages of lymphedema patients reveal that excess body fat and obesity contribute the lymphatic dysfunction (Greene and Maclellan, 2013; Mehrara and Greene, 2014; Greene et al., 2015; Greene et al., 2020). In addition to its role in fluid and macromolecular homeostasis, the lymphatic system is the nexus of dietary fat and antigen transport as well as immune cell priming. Our laboratory first reported lymphatic contractile dysfunction in the diet-induced metabolic syndrome rat model (Zawieja et al., 2012) fed high-fructose feed. The reduction in spontaneous contractile activity has been subsequently observed in vivo in both murine high-fat diet induced models and genetic models of obesity, which typically display the nexus of ailments of metabolic syndrome (Weitman et al., 2013; Blum et al., 2014; Savetsky et al., 2014; Garcia Nores et al., 2016; Nitti et al., 2016). Despite the enormous investment to discover of the impaired lymphatic development in disease, little is known about the molecular mechanisms in lymphatic contractile dysfunction during metabolic disease. We have shown that metabolic syndrome exhibits collecting lymphatic remodeling, resulting in reduced load capabilities and impaired the intrinsic contractility required for maintaining proper lymph flow (Zawieja et al., 2012; Chakraborty et al., 2015; Zawieja et al., 2016b). Lymphatics from metabolic syndrome animals show negative chronotropy at all pressures, which contributes to the reduced intrinsic flow-generating capacity of the lymphatics. Perinodal collecting lymphatic vessels in metabolic syndrome animals are noticeably smaller in diameter than control counterparts under pressurized conditions (Zawieja et al., 2012; Zawieja et al., 2016b; Lee et al., 2020). While there is a regional difference in lymphatic contractile impairment in metabolic syndrome animals, both impaired lymphatic muscle and lymphatic endothelial cells contribute to lymphatic pumping activity (Zawieja et al., 2012; Blum et al., 2014; Zawieja et al., 2016a; Zawieja et al., 2016b; Lee et al., 2020). Additionally, inhibition of NOS activity by LNAME partially restored mesenteric lymphatic contraction and frequency in MetSyn animals (Zawieja et al., 2016b), and similarly, lymphatic function was restored with iNOS inhibition 1400 W in diet-induced mouse models of obesity (Torrisi et al., 2016). In leptin receptor-deficient mice (db/db), disrupted lymphatic endothelial barrier integrity due to impaired NO production and regulation also drove mesenteric lymphatic hyperpermeability (Scallan et al., 2015) which was ameliorated with the phosphodiesterase 3 inhibitor cilostamide or arginine supplementation. Similar impairments in NO production, eNOS signaling, and barrier regulation have been recapitulated in vitro (Lee et al., 2018) using high glucose supplementation. Additionally, LEC dysfunction in metabolic disease appears to be driven by excessive nitrosative stress due to the recruitment and accumulation of iNOS expressing inflammatory cells within the peri-lymphatic space (Rehal et al., 2020). Taken together, lymphatic dysfunction in collecting lymphatic vessels is associated with the impairment of both LMCs and LECs by aspects of both metabolic dysfunction and inflammation in collecting lymphatic vessels that contributes to the lymphatic dysfunction.
Potential pharmacological targets for therapeutic interventions to ameliorate lymphatic contractile dysfunction in metabolic disease
ATP-Sensitive K+ (KATP) Channel
In LMCs, as with most smooth muscle, K+ permeability is critical for resting membrane potential regulation (Ohhashi and Azuma, 1982; Telinius et al., 2014a) that governs the muscle excitability and contractile activity. Hyperpolarization by elevated K+ conductance can either overwhelm the depolarizing influence of inwards currents, such as those provided by Ano1, to prevent or slow the depolarization to the critical threshold, or with excessive K+ currents hyperpolarize the membrane out of the voltage window permissive for rhythmic oscillations (Mizuno et al., 1999; Mathias and von der Weid, 2013; Davis et al., 2020; Garner et al., 2021; Kim et al., 2021). Four different classes of K+ channels have been identified in LMCs: Ca2+ -activated K+ channels, volage-dependent K+ changes, ATP-sensitive K channels (KATP), and inward rectifier K+. Among the four different classes of K+ channels, KATP channels are a significant mediator of the membrane potential in collecting lymphatic vessels (Telinius et al., 2014a) and have been linked to lymphatic contractile dysfunction in disease. KATP channels mediate lymphatic contractility by negatively regulating electrical excitability through hyperpolarization of the LMC membrane potential out of the window permissive to electrical oscillatory behavior. In guinea pigs, activated PKA and/or PKG in the lymphatic muscle increases KATP channel activity resulting in hyperpolarization and contractile cessation (Mathias and von der Weid, 2013; Lee et al., 2014). Pharmacological activation of KATP channels reduces the lymphatic contractile frequency as pinacidil, a KATP activator induces hyperpolarization (Telinius et al., 2014a). KATP channels appear to be partially or transiently active under the resting condition in lymphatic vessels as glibenclamide (FDA-approved KATP antagonist) increases the lymphatic contractile frequency in the human thoracic duct (Telinius et al., 2014a; Davis et al., 2020). Open KATP channels prevent action potential generation in lymphatic vessels resulting in phasic contraction cessation, and clinically relevant concentrations of KATP channel may impair in vivo lymphatic contractile function (Garner et al., 2021). A relatively small alteration of resting membrane potential (e.g., 4mV) through KATP modulation is enough to initiate lymphatic phasic contraction from quiescent vessels (Telinius et al., 2014a) or cease electrical and contractile activity (Davis et al., 2020), indicating the powerful role of KATP as a mediator lymphatic contractile dysfunction.
While the role of KATP channels in hypertension is inconclusive (Miyata et al., 1990; Furspan and Webb, 1993; Kitazono et al., 1993; Kam et al., 1994; Kawata et al., 1998; Kalliovalkama et al., 1999; Ghosh et al., 2004), KATP function appears to be decreased in obesity (Erdös et al., 2002; Irat et al., 2006; Hodnett et al., 2008; Lu et al., 2013) and diabetes (Bouchard et al., 1999; Miura et al., 2003; Kinoshita et al., 2006; Li et al., 2015) in blood vascular smooth muscle cells. However, the roles of KATP channels mediating lymphatic dysfunction under conditions of metabolic diseases have yet to be adequately addressed. Lymphatic contractile dysfunction was noted in the mesenteric collecting lymphatic vessels of guinea pigs with TNBS induced ileitis due to activated KATP channels (Wu et al., 2006; von der Weid et al., 2012; Mathias and von der Weid, 2013). Although, there is controversy as to whether NO signaling activates KATP channels in murine LMCs as a role for BK, but not KATP, was recently identified in the NO-mediated contractile dysfunction (Kim et al., 2021). Nonetheless, targeting the potent inhibitory effect of KATP channels on phasic contraction of the lymphatic vessel would be an attractive therapeutic candidate for lymphatic dysfunction in metabolic disease. Notably, inhibiting KATP increased the lymphatic contractile frequency in mesenteric lymphatic from metabolic syndrome rats (Zawieja et al., 2016b). While these results point to a role for KATP channels partially mediating the lymphatic dysfunction observed in high fructose fed rats, whether it is a consistent mechanism of lymphatic dysfunction in obese murine models of lymphatic contractile dysfunction, and critically in human lymphatic vessel function, remains to be seen. Nor do these limited studies identify the signaling mechanisms upstream of, seemingly partial, KATP channel activation.
Sarcoplasmic Reticulum Ca2+ ATPase Pump, SERCA2a
While intracellular calcium has been considered a critical contractile regulator (Atchison et al., 1998; von der Weid et al., 2008; Dougherty et al., 2014; Lee et al., 2014; Zawieja et al., 2018), assessing the role of calcium release and uptake by the LMC SR as it pertains to lymphatic contractile regulation is still in its infancy. We have reported that MetSyn rats showed a significant reduction in lymphatic pumping due to decreased phasic contractile frequency and impaired intrinsic lymphatic muscle force production in skinned muscle preps where calcium is exogenously set. Since the activating voltage-dependent Ca2+ channels are indispensable for chronotropic and inotropic contraction of the lymphatics (Lee et al., 2014; Zawieja et al., 2018), we have examined the intracellular Ca2+ oscillation after activating voltage-dependent Ca2+ channels by depolarizing the insulin-resistant lymphatic muscle cell membrane with high exogenous potassium. The amplitude and peak cytosolic intracellular Ca2+ are not affected by insulin-resistant LMCs, suggesting voltage-dependent calcium channels are not diminished in metabolic diseased lymphatic muscles (unpublished data). We also found that insulin-resistant LMCs showed decreased endoplasmic reticulum calcium content without affecting non-sarcoplasmic reticulum Ca2+ ATPase (SERCA)-mediated calcium uptake. Inhibition of SERCA by the irreversible SERCA inhibitor, thapsigargin, in lymphatic vessels diminished both phasic contractile frequency and amplitude without affecting the tone (Lee et al., 2020). There are three distinct genes encoding SERCA pumps, SERCA 1, 2, and 3 resulting in more than 10 SERCA isoforms expressed in various muscles and non-muscle cells (Hovnanian, 2007). SERCA1 a and b are predominant isoforms in cardiac and skeletal muscle (Periasamy and Kalyanasundaram, 2007). Among SERCA2, SERCA2a is expressed in cardiac and type 1 slow-twitch skeletal muscle, while SERCA2b is predominantly expressed in smooth muscle cells (Hovnanian, 2007; Periasamy and Kalyanasundaram, 2007). Lymphatic muscle expresses both SERCA2a and SERCA2b isoforms (Lee et al., 2020), as lymphatic muscle exhibits a unique combination of muscle cell types that express both cardiac and smooth muscle contractile and regulatory proteins (Muthuchamy et al., 2003).
Metabolic syndrome condition decreased the levels of SERCA2a expression resulting in impaired Ca2+ regulation (Lee et al., 2020). SERCA2a is the predominant isoform in striated muscle, and the distinct smooth muscle isoform of SERCA2b is associated with phasic contraction in lymphatic vessels rather than lymphatic tone. Decreased SERCA activity has been observed in both cardiac and vascular tissues in mice with metabolic disease and decreased SERCA2a has been specifically linked to impaired cardiac contractility (Teshima et al., 2000; Trost et al., 2002; Hao et al., 2015). Type 1and type 2 diabetes models exhibit decreased SERCA2a expression in vascular smooth muscle (Belke et al., 2004; Wold et al., 2005). Notably, SERCA allosteric activator improves Ca2+ homeostasis both in vivo and in vitro metabolic disease models (Ferrandi et al., 2013; Kang et al., 2015; Singh et al., 2018). SERCA activation significantly improves the lymphatic contractile frequency in the isolated lymphatic vessels from MetSyn rats (Lee et al., 2020), suggesting SERCA2a as a therapeutic target in lymphatic contractile dysfunction.
eNOS
NO plays a critical role in the flow-mediated regulation of lymphatic contractility (Bohlen et al., 2009; Bohlen et al., 2011; Gasheva et al., 2013). With each contraction cycle, transient NO production is hypothesized to assist in the subsequent relaxation of lymphatic vessels and thus provide a lusitropic effect (Gashev et al., 2002; Gasheva et al., 2006; Bohlen et al., 2009). NO consistently exhibits a negative chronotropic effect, teleologically explained as reducing lymphatic vessel resistance under conditions that favor passive lymph flow (Gashev et al., 2002; Gasheva et al., 2006; Bohlen et al., 2009; Bohlen et al., 2011). Endothelial dysfunction in the blood vasculature has been well documented, particularly as it relates to reduce NO bioavailability. Unsurprisingly, the thoracic duct from MetSyn rats displayed reduced flow-mediated inhibition of contractility. Contraction frequency was particularly insensitive to imposed flow in MetSyn thoracic ducts, which was also associated with decreased eNOS expression (Zawieja et al., 2016a). In addition, MetSyn rats also show an impairment in insulin sensitivity with reduced eNOS phosphorylation and NOS production (Lee et al., 2018). Notably, inhibition of eNOS with generic NOS inhibitor (i.e., L-nitro-arginine methyl ester) abrogates the differences in the flow-mediated contractile frequency mediation (Zawieja et al., 2016a).
NO is also known as a critical regulator for endothelial barrier integrity. Studies have provided evidence that NO mediates lymphatic permeability (Kubes and Granger, 1992; Yuan et al., 1992; Yuan, 2006; Scallan and Huxley, 2010; Di Lorenzo et al., 2013; Scallan et al., 2013; Scallan et al., 2015). NO directly increased permeability in mouse collecting lymphatic vessels when directly assessed (Scallan et al., 2015). Diabetic mice exhibiting insulin-resistance increase permeability, and inducing NO synthesis decreases permeability (Scallan et al., 2015). Since the eNOS directly mediates both contractility and permeability in collecting lymphatic vessels impaired in metabolic disease, restoring lymphatic eNOS activity while inhibiting the aberrant NO production by activated immune cells (Torrisi et al., 2016) (Rehal et al., 2020) is an attractive pharmacological target in metabolic disease.
Vascular Endothelial Growth Factor Receptor (VEGFR) 3
Vascular endothelial growth factor receptor (VEGFR) 3 and its signaling cascade play a pivotal role in the development and normal function of the lymphatic system (Irrthum et al., 2000; Schulte-Merker et al., 2011). Mutations in the VEGFR3 (FLT4) gene in humans induces hereditary primary lymphedema. Milroy disease specifically, is an autosomal dominant congenital form of lymphedema that is typically attributed to mutations within VEGFR3 (Irrthum et al., 2000; Karkkainen et al., 2001; Schulte-Merker et al., 2011). The importance of VEGFC and VEGFR3 signaling in disease has been recently highlighted by Norden et al. (2020) (Norden and Kume, 2020). Although much is known about the role of VEGFR3 in lymphangiogenesis, less is understood regarding the role of VEGFR3 activation in physiological regulation in collecting lymphatic vessels. Notably, VEGF-C induced VEGFR3 activation in collecting lymphatic vessels resulted in a positive chronotropic response and elevated lymphatic vessel diameter, which was also associated with increased lymphangion stroke volume and lymphatic pumping output (Breslin et al., 2007). Since VEGFR3 is predominantly expressed on lymphatic endothelial cells in collecting lymphatic vessels, the VEGFR3-mediated changes in lymphatic pump activity are communicated from lymphatic endothelial cells to the lymphatic muscle cells. However, the VEGFC is also likely to act on myeloid cells that may express VEGFR3 and alter the inflammatory profile in a lymphatic endothelial independent fashion as well (Keller et al., 2021). As lymphatic muscle cells and lymphatic endothelial cell layers appear to be largely electrically isolated (Castorena-Gonzalez et al., 2018), impairments in VEGFR3 signaling in the LECs are likely to be communicated via paracrine signaling factors such as prostaglandins, NO, and other vasoactive compounds. The obese resistant mouse strains (BALB/cJ and MSTNln) maintained normal expression of VEGFR3 and normal lymph flow compared to obese prone mice (C57BL/6 J) when subjected to a high-fat diet (Garcia Nores et al., 2016). The study suggests the meaningful role of VEGFR3 signaling in the physiological lymphatic contractile function that protects against obesity. Notably, the collecting vessel plays an indispensable role in subcutaneous adipose tissue expansion and lymph transport homeostasis in obesity-induced lymphatic dysfunction, suggesting the importance of targeting collecting vessels in metabolic disease (Blum et al., 2014). K14-VEGFC mice that overexpress VEGF-C under control of the keratin-14 promoter in skin show an expanded dermal lymphatic vessel network and lymph draining dermal area. A high-fat diet decreases lymph transport in K14-VEGFC mice skin, suggesting the role of collecting lymphatic vessels as a key lymph transport machinery during the progression of obesity (Blum et al., 2014). Stimulating VEGFR3 signaling via its ligands (e.g., VEGFC or VEGFD) showed protective effects in metabolic disease (Savetsky et al., 2015; Chakraborty et al., 2019). However, Cao et al. (2021) showed a severe lymphatic architectural disorganization and excessive lymphatic collecting vessel branching and permeability using a diet-induced model of murine obesity with 15 and 32 weeks of high-fat diet (Cao et al., 2021). This was determined to arise as a consequence of Cox-2 dependent PGE2 formation which enhanced VEGFC production and VEGFR3 signaling. In this study, some lymphatic vessels were disrupted to the point that dye tracer could not be effectively transported past certain locations and was leaking into the mesenteric tissue, thus resulting in lymph accumulation in the mesenteric perivascular adipose and ultimately decreased insulin sensitivity (Cao et al., 2021). Surprisingly, this phenotype was not observed in the genetic db/db murine model of obesity for reasons that are unclear but are assumed to be high-fat diet-dependent and requiring long-term feeding (>15weeks).). Inactivating VEGFR3 disrupts triglyceride absorption in intestinal initial lymphatic, suggesting critical role of VEGFR3 signaling in fat absorption and retention (Shew et al., 2018). Thus, collecting lymphatic vessels appear to be a consistently and broadly affected by metabolic disease progression, and titrating the proper degree of VEGFR3 stimulation could be beneficial with synergetic effects as a therapeutic target between lymphatic network maintenance in initial lymphatics and promoting lymphatic contractility in collecting lymphatic.
CONCLUSION AND FUTURE PERSPECTIVES
It is clear that the lymphatic collecting vessel and lymphatic vasculature are consistently and widely impacted by metabolic diseases, and lymphatic dysfunction serves as a nexus point that exacerbates metabolic disease progression. Despite considerable progress in understanding critical roles of the lymphatic system in metabolic diseases, many questions, especially in regard to the understanding of the pathophysiological mechanisms of lymphatic contractile function still remain unclear. There are only few studies that have investigated the molecular mechanisms and physiological role of lymphatic contractile function in obesity or other metabolic disorders (Table 1) Considering that the functional impairments of the collecting lymphatic vessels are predominant leads in metabolic diseases, understanding the molecular mechanisms in collecting lymphatic vessels in metabolic disease is necessary for the discovery of pharmacological targets to treat lymphatic dysfunction (Figure 1). The molecular cellular pathways that modulate lymphatic dysfunction in metabolic disease remain largely unknown both clinically and preclinically. Thus, while preclinical models display the molecular targets that mediate the positive chronotropic or inotropic function of lymphatic in metabolic disease, it remains to be discovered whether the lymphatic dysfunction can be reversed in patients with prolonged metabolic disorders from a therapeutic perspective. Understanding the cellular mechanisms that regulate lymphatic dysfunction in obesity and how lymphatic dysfunction can be resolved with targeted treatments from discovered molecular mechanisms will profoundly impact various metabolic diseases and provide therapeutic targets.
TABLE 1 | Therapeutic targeting for collecting lymphatic function in obesity, diabetes, and metabolic syndrome.
[image: Table 1][image: Figure 1]FIGURE 1 | Key molecular pathways in collecting lymphatic vessel contractile activity under physiological and obesity/metabolic syndrome conditions. In normal physiological conditions, lymphatic contraction is critical for lymph flow modulation and regulated by intracellular Ca2+ in LMCs, NO from LECs, LMC membrane potential, and LEC VEGFR3 signaling. Ca2+ homeostasis is critical for lymphatic pump regulation and SERCA2a mediates intracellular Ca2+ by up taking intracellular Ca2+ back to SR. Intracellular Ca2+ stimulates MLCK and induces MLC20 phosphorylation, a critical lymphatic contractile regulatory protein. Flow-mediated NO from eNOS is an important lusitropic mediator in lymphatic contraction. VEGFR3 signaling via LECs might be a critical molecular signal that controls lymphatic contractility by directly impacting LMCs or indirectly mediating eNOS. K+ permeability is critical for resting membrane potential regulation that governs lymphatic muscle excitability and contractile activity. KATP channels mediate lymphatic contractility by negatively regulating electrical excitability. In metabolic syndrome, SERCA2a expression and activity are diminished that disturbing intracellular Ca2+ homeostatic resulting impairs lymphatic phasic contractions. Elevated intracellular Ca2+ promotes MLC20 phosphorylation via MLCK. Metabolic syndrome diminishes NO bioavailability by impairing LECs PI3K/AKT pathway. Decreased NO contributes to constricted vessels and impairs lymphatic contraction and lymph flow. VEGFR3 signaling pathways might be diminished in obese LECs that reduces lymphatic contraction directly impacting LMCs or indirectly via NO mediation. KATP channels are hyperactivated results in hyperpolarization of LMCs. The hyperpolarization by active KATP channels inhibits action potential generation in LMCs resulting in lymphatic contractile dysfunction in obesity. Generated with BioRender.com (Toronto, ON, Canada).
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ABBREVIATIONS
ANO1, Calcium-activated chloride channel ANO1/TMEM16A; AP, action potential; BK, large-conductance calcium-activated potassium channels; COX2, Cyclooxygenase-2; eNOS, endothelial nitric oxide synthase; ER, endoplasmic reticulum; IP3R, Inositol 1,4,5- trisphosphate receptor; KATP, ATP-sensitive K+channel; LEC, Lymphatic endothelial cell; LMC, Lymphatic muscle cell; MLC20, Myosin light chain 20; MLCK, Myosin light chain kinase; MLCP, Myosin light chain phosphatase; NO, Nitric oxide; PDE, Phosphodiesterase; PGE2, Prostaglandin E2; PKC, Protein kinase C; ROCK, Rho-associated protein kinase; RYR, Ryanodine receptor; SERCA, Sarcoendoplasmic reticulum calcium transport ATPase; SR, Sarcoplasmic reticulum; VEGF, Vascular growth factor; VEGFR, Vascular growth factor receptor.
REFERENCES
 Ali, S., Solano, A. S., Gonzales, A. L., Thakore, P., Krishnan, V., Yamasaki, E., et al. (2021). Nitric Oxide Signals through IRAG to Inhibit TRPM4 Channels and Dilate Cerebral Arteries. Function (Oxf) 2, zqab051. doi:10.1093/function/zqab051
 Alitalo, K. (2011). The Lymphatic Vasculature in Disease. Nat. Med. 17, 1371–1380. doi:10.1038/nm.2545
 Allen, J. M., and McHale, N. G. (1988). The Effect of Known K+-channel Blockers on the Electrical Activity of Bovine Lymphatic Smooth Muscle. Pflugers Arch. 411, 167–172. doi:10.1007/BF00582310
 Atchison, D. J., Rodela, H., and Johnston, M. G. (1998). Intracellular Calcium Stores Modulation in Lymph Vessels Depends on wall Stretch. Can. J. Physiol. Pharmacol. 76, 367–372. doi:10.1139/y98-037
 Azuma, T., Ohhashi, T., and Sakaguchi, M. (1977). Electrical Activity of Lymphatic Smooth Muscles. Proc. Soc. Exp. Biol. Med. 155, 270–273. doi:10.3181/00379727-155-39787
 Baluk, P., Fuxe, J., Hashizume, H., Romano, T., Lashnits, E., Butz, S., et al. (2007). Functionally Specialized Junctions between Endothelial Cells of Lymphatic Vessels. J. Exp. Med. 204, 2349–2362. doi:10.1084/jem.20062596
 Bastías-Pérez, M., Serra, D., and Herrero, L. (2020). Dietary Options for Rodents in the Study of Obesity. Nutrients 12, 3234. doi:10.3390/nu12113234
 Beckett, E. A., Hollywood, M. A., Thornbury, K. D., and McHale, N. G. (2007). Spontaneous Electrical Activity in Sheep Mesenteric Lymphatics. Lymphat Res. Biol. 5, 29–43. doi:10.1089/lrb.2007.5104
 Belke, D. D., Swanson, E. A., and Dillmann, W. H. (2004). Decreased Sarcoplasmic Reticulum Activity and Contractility in Diabetic Db/db Mouse Heart. Diabetes 53, 3201–3208. doi:10.2337/diabetes.53.12.3201
 Bernier-Latmani, J., Cisarovsky, C., Demir, C. S., Bruand, M., Jaquet, M., Davanture, S., et al. (2015). DLL4 Promotes Continuous Adult Intestinal Lacteal Regeneration and Dietary Fat Transport. J. Clin. Invest. 125, 4572–4586. doi:10.1172/JCI82045
 Bernier-Latmani, J., and Petrova, T. V. (2017). Intestinal Lymphatic Vasculature: Structure, Mechanisms and Functions. Nat. Rev. Gastroenterol. Hepatol. 14, 510–526. doi:10.1038/nrgastro.2017.79
 Berridge, M. J. (2008). Smooth Muscle Cell Calcium Activation Mechanisms. J. Physiol. 586, 5047–5061. doi:10.1113/jphysiol.2008.160440
 Bertram, C. D., Macaskill, C., Davis, M. J., and Moore, J. E. (2017). Valve-related Modes of Pump Failure in Collecting Lymphatics: Numerical and Experimental Investigation. Biomech. Model. Mechanobiol 16, 1987–2003. doi:10.1007/s10237-017-0933-3
 Bertram, C. D., Macaskill, C., and Moore, J. E. (2014). Incorporating Measured Valve Properties into a Numerical Model of a Lymphatic Vessel. Comput. Methods Biomech. Biomed. Engin 17, 1519–1534. doi:10.1080/10255842.2012.753066
 Blum, K. S., Karaman, S., Proulx, S. T., Ochsenbein, A. M., Luciani, P., Leroux, J. C., et al. (2014). Chronic High-Fat Diet Impairs Collecting Lymphatic Vessel Function in Mice. PloS one 9, e94713. doi:10.1371/journal.pone.0094713
 Boedtkjer, D. M., Kim, S., Jensen, A. B., Matchkov, V. M., and Andersson, K. E. (2015). New Selective Inhibitors of Calcium-Activated Chloride Channels - T16A(inh) -A01, CaCC(inh) -A01 and MONNA - what Do They Inhibit?Br. J. Pharmacol. 172, 4158–4172. doi:10.1111/bph.13201
 Bohlen, H. G., Gasheva, O. Y., and Zawieja, D. C. (2011). Nitric Oxide Formation by Lymphatic Bulb and Valves Is a Major Regulatory Component of Lymphatic Pumping. Am. J. Physiol. Heart Circ. Physiol. 301, H1897–H1906. doi:10.1152/ajpheart.00260.2011
 Bohlen, H. G., Wang, W., Gashev, A., Gasheva, O., and Zawieja, D. (2009). Phasic Contractions of Rat Mesenteric Lymphatics Increase Basal and Phasic Nitric Oxide Generation In Vivo. Am. J. Physiol. Heart Circ. Physiol. 297, H1319–H1328. doi:10.1152/ajpheart.00039.2009
 Borbouse, L., Dick, G. M., Asano, S., Bender, S. B., Dincer, U. D., Payne, G. A., et al. (2009). Impaired Function of Coronary BK(Ca) Channels in Metabolic Syndrome. Am. J. Physiol. Heart Circ. Physiol. 297, H1629–H1637. doi:10.1152/ajpheart.00466.2009
 Bouchard, J. F., Dumont, E. C., and Lamontagne, D. (1999). Modification of Vasodilator Response in Streptozotocin-Induced Diabetic Rat. Can. J. Physiol. Pharmacol. 77, 980–985. doi:10.1139/y99-106
 Breslin, J. W., Gaudreault, N., Watson, K. D., Reynoso, R., Yuan, S. Y., and Wu, M. H. (2007). Vascular Endothelial Growth Factor-C Stimulates the Lymphatic Pump by a VEGF Receptor-3-dependent Mechanism. Am. J. Physiol. Heart Circ. Physiol. 293, H709–H718. doi:10.1152/ajpheart.00102.2007
 Bridenbaugh, E. A., Gashev, A. A., and Zawieja, D. C. (2003). Lymphatic Muscle: a Review of Contractile Function. Lymphat Res. Biol. 1, 147–158. doi:10.1089/153968503321642633
 Bridenbaugh, E. A., Nizamutdinova, I. T., Jupiter, D., Nagai, T., Thangaswamy, S., Chatterjee, V., et al. (2013). Lymphatic Muscle Cells in Rat Mesenteric Lymphatic Vessels of Various Ages. Lymphat Res. Biol. 11, 35–42. doi:10.1089/lrb.2012.0025
 Bulley, S., and Jaggar, J. H. (2014). Cl⁻ Channels in Smooth Muscle Cells. Pflugers Arch. 466, 861–872. doi:10.1007/s00424-013-1357-2
 Cao, E., Watt, M. J., Nowell, C. J., Quach, T., Simpson, J. S., De Melo Ferreira, V., et al. (2021). Mesenteric Lymphatic Dysfunction Promotes Insulin Resistance and Represents a Potential Treatment Target in Obesity. Nat. Metab. 3, 1175–1188. doi:10.1038/s42255-021-00457-w
 Castorena-Gonzalez, J. A., Zawieja, S. D., Li, M., Srinivasan, R. S., Simon, A. M., de Wit, C., et al. (2018). Mechanisms of Connexin-Related Lymphedema. Circ. Res. 123, 964–985. doi:10.1161/CIRCRESAHA.117.312576
 Chakraborty, A., Barajas, S., Lammoglia, G. M., Reyna, A. J., Morley, T. S., Johnson, J. A., et al. (2019). Vascular Endothelial Growth Factor-D (VEGF-D) Overexpression and Lymphatic Expansion in Murine Adipose Tissue Improves Metabolism in Obesity. Am. J. Pathol. 189, 924–939. doi:10.1016/j.ajpath.2018.12.008
 Chakraborty, S., Zawieja, S., Wang, W., Zawieja, D. C., and Muthuchamy, M. (2010). Lymphatic System: a Vital Link between Metabolic Syndrome and Inflammation. Ann. N. Y Acad. Sci. 1207 Suppl 1, E94–E102. doi:10.1111/j.1749-6632.2010.05752.x
 Chakraborty, S., Zawieja, S. D., Wang, W., Lee, Y., Wang, Y. J., von der Weid, P. Y., et al. (2015). Lipopolysaccharide Modulates Neutrophil Recruitment and Macrophage Polarization on Lymphatic Vessels and Impairs Lymphatic Function in Rat Mesentery. Am. J. Physiol. Heart Circ. Physiol. 309 (12), H2042–H2057. doi:10.1152/ajpheart.00467.2015
 Choi, D., Park, E., Jung, E., Seong, Y. J., Hong, M., Lee, S., et al. (2017). ORAI1 Activates Proliferation of Lymphatic Endothelial Cells in Response to Laminar Flow through Krüppel-like Factors 2 and 4. Circ. Res. 120, 1426–1439. doi:10.1161/CIRCRESAHA.116.309548
 Choi, I., Lee, S., and Hong, Y. K. (2012). The new era of the Lymphatic System: No Longer Secondary to the Blood Vascular System. Cold Spring Harbor Perspect. Med. 2, a006445. doi:10.1101/cshperspect.a006445
 Cifarelli, V., Appak-Baskoy, S., Peche, V. S., Kluzak, A., Shew, T., Narendran, R., et al. (2021). Visceral Obesity and Insulin Resistance Associate with CD36 Deletion in Lymphatic Endothelial Cells. Nat. Commun. 12, 3350. doi:10.1038/s41467-021-23808-3
 Clough, G., and Smaje, L. H. (1978). Simultaneous Measurement of Pressure in the Interstitium and the Terminal Lymphatics of the Cat Mesentery. J. Physiol. 283, 457–468. doi:10.1113/jphysiol.1978.sp012512
 Cobine, C. A., Hannah, E. E., Zhu, M. H., Lyle, H. E., Rock, J. R., Sanders, K. M., et al. (2017). ANO1 in Intramuscular Interstitial Cells of Cajal Plays a Key Role in the Generation of Slow Waves and Tone in the Internal Anal Sphincter. J. Physiol. 595, 2021–2041. doi:10.1113/JP273618
 Cotton, K. D., Hollywood, M. A., McHale, N. G., and Thornbury, K. D. (1997). Ca2+ Current and Ca(2+)-Activated Chloride Current in Isolated Smooth Muscle Cells of the Sheep Urethra. J. Physiol. 505 ( Pt 1) (Pt 1), 121–131. doi:10.1111/j.1469-7793.1997.121bc.x
 Cromer, W. E., and Zawieja, D. C. (2018). Acute Exposure to Space Flight Results in Evidence of Reduced Lymph Transport, Tissue Fluid Shifts, and Immune Alterations in the Rat Gastrointestinal System. Life Sci. Space Res. (Amst) 17, 74–82. doi:10.1016/j.lssr.2018.03.005
 Cromer, W. E., Zawieja, S. D., Tharakan, B., Childs, E. W., Newell, M. K., and Zawieja, D. C. (2014). The Effects of Inflammatory Cytokines on Lymphatic Endothelial Barrier Function. Angiogenesis 17, 395–406. doi:10.1007/s10456-013-9393-2
 Davis, M. J., Kim, H. J., Zawieja, S. D., Castorena-Gonzalez, J. A., Gui, P., Li, M., et al. (2020). Kir6.1-dependent KATP Channels in Lymphatic Smooth Muscle and Vessel Dysfunction in Mice with Kir6.1 Gain-Of-Function. J. Physiol. 598, 3107–3127. doi:10.1113/JP279612
 Davis, M. J., Lane, M. M., Davis, A. M., Durtschi, D., Zawieja, D. C., Muthuchamy, M., et al. (2008). Modulation of Lymphatic Muscle Contractility by the Neuropeptide Substance P. Am. J. Physiol. Heart Circ. Physiol. 295, H587–H597. doi:10.1152/ajpheart.01029.2007
 Davis, M. J., Scallan, J. P., Wolpers, J. H., Muthuchamy, M., Gashev, A. A., and Zawieja, D. C. (2012). Intrinsic Increase in Lymphangion Muscle Contractility in Response to Elevated Afterload. Am. J. Physiol. Heart Circ. Physiol. 303, H795–H808. doi:10.1152/ajpheart.01097.2011
 Desch, M., Sigl, K., Hieke, B., Salb, K., Kees, F., Bernhard, D., et al. (2010). IRAG Determines Nitric Oxide- and Atrial Natriuretic Peptide-Mediated Smooth Muscle Relaxation. Cardiovasc. Res. 86, 496–505. doi:10.1093/cvr/cvq008
 Di Lorenzo, A., Lin, M. I., Murata, T., Landskroner-Eiger, S., Schleicher, M., Kothiya, M., et al. (2013). eNOS-Derived Nitric Oxide Regulates Endothelial Barrier Function through VE-Cadherin and Rho GTPases. J. Cel Sci 126, 5541–5552. doi:10.1242/jcs.115972
 DiSipio, T., Rye, S., Newman, B., and Hayes, S. (2013). Incidence of Unilateral Arm Lymphoedema after Breast Cancer: a Systematic Review and Meta-Analysis. Lancet Oncol. 14, 500–515. doi:10.1016/S1470-2045(13)70076-7
 Dougherty, P. J., Davis, M. J., Zawieja, D. C., and Muthuchamy, M. (2008). Calcium Sensitivity and Cooperativity of Permeabilized Rat Mesenteric Lymphatics. Am. J. Physiol. Regul. Integr. Comp. Physiol. 294, R1524–R1532. doi:10.1152/ajpregu.00888.2007
 Dougherty, P. J., Nepiyushchikh, Z. V., Chakraborty, S., Wang, W., Davis, M. J., Zawieja, D. C., et al. (2014). PKC Activation Increases Ca²⁺ Sensitivity of Permeabilized Lymphatic Muscle via Myosin Light Chain 20 Phosphorylation-dependent and -independent Mechanisms. Am. J. Physiol. Heart Circ. Physiol. 306, H674–H683. doi:10.1152/ajpheart.00732.2013
 Drumm, B. T., Thornbury, K. D., Hollywood, M. A., and Sergeant, G. P. (2021). Role of Ano1 Ca2+-Activated Cl- Channels in Generating Urethral Tone. Am. J. Physiol. Ren. Physiol 320, F525–f536. doi:10.1152/ajprenal.00520.2020
 Emrich, S. M., Yoast, R. E., Xin, P., Arige, V., Wagner, L. E., Hempel, N., et al. (2021). Omnitemporal Choreographies of All Five STIM/Orai and IP3Rs Underlie the Complexity of Mammalian Ca2+ Signaling. Cell Rep 34, 108760. doi:10.1016/j.celrep.2021.108760
 Erdös, B., Miller, A. W., and Busija, D. W. (2002). Alterations in KATP and KCa Channel Function in Cerebral Arteries of Insulin-Resistant Rats. Am. J. Physiol. Heart Circ. Physiol. 283, H2472–H2477. doi:10.1152/ajpheart.00516.2002
 Ferrandi, M., Barassi, P., Tadini-Buoninsegni, F., Bartolommei, G., Molinari, I., Tripodi, M. G., et al. (2013). Istaroxime Stimulates SERCA2a and Accelerates Calcium Cycling in Heart Failure by Relieving Phospholamban Inhibition. Br. J. Pharmacol. 169, 1849–1861. doi:10.1111/bph.12278
 Fife, C. E., Benavides, S., and Carter, M. J. (2008). A Patient-Centered Approach to Treatment of Morbid Obesity and Lower Extremity Complications: an Overview and Case Studies. Ostomy Wound Manage 54, 20–2–24-32.
 Friedrich, M. J. (2017). Global Obesity Epidemic Worsening. Jama 318, 603. doi:10.1001/jama.2017.10693
 Furspan, P. B., and Webb, R. C. (1993). Decreased ATP Sensitivity of a K+ Channel and Enhanced Vascular Smooth Muscle Relaxation in Genetically Hypertensive Rats. J. Hypertens. 11, 1067–1072. doi:10.1097/00004872-199310000-00010
 García Nores, G. D., Cuzzone, D. A., Albano, N. J., Hespe, G. E., Kataru, R. P., Torrisi, J. S., et al. (2016). Obesity but Not High-Fat Diet Impairs Lymphatic Function. Int. J. Obes. (Lond) 40, 1582–1590. doi:10.1038/ijo.2016.96
 Garner, B. R., Stolarz, A. J., Stuckey, D., Sarimollaoglu, M., Liu, Y., Palade, P. T., et al. (2021). KATP Channel Openers Inhibit Lymphatic Contractions and Lymph Flow as a Possible Mechanism of Peripheral Edema. J. Pharmacol. Exp. Ther. 376, 40–50. doi:10.1124/jpet.120.000121
 Garrido-Miguel, M., Cavero-Redondo, I., Álvarez-Bueno, C., Rodríguez-Artalejo, F., Moreno, L. A., Ruiz, J. R., et al. (2019). Prevalence and Trends of Overweight and Obesity in European Children from 1999 to 2016: A Systematic Review and Meta-Analysis. JAMA Pediatr. 173, e192430. doi:10.1001/jamapediatrics.2019.2430
 Gashev, A. A., Davis, M. J., and Zawieja, D. C. (2002). Inhibition of the Active Lymph Pump by Flow in Rat Mesenteric Lymphatics and Thoracic Duct. J. Physiol. 540, 1023–1037. doi:10.1113/jphysiol.2001.016642
 Gashev, A. A. (2008). Lymphatic Vessels: Pressure- and Flow-dependent Regulatory Reactions. Ann. N. Y Acad. Sci. 1131, 100–109. doi:10.1196/annals.1413.009
 Gasheva, O. Y., Gashev, A. A., and Zawieja, D. C. (2013). Cyclic Guanosine Monophosphate and the Dependent Protein Kinase Regulate Lymphatic Contractility in Rat Thoracic Duct. J. Physiol. 591, 4549–4565. doi:10.1113/jphysiol.2013.258681
 Gasheva, O. Y., Zawieja, D. C., and Gashev, A. A. (2006). Contraction-initiated NO-dependent Lymphatic Relaxation: a Self-Regulatory Mechanism in Rat Thoracic Duct. J. Physiol. 575, 821–832. doi:10.1113/jphysiol.2006.115212
 Ghosh, M., Hanna, S. T., Wang, R., and McNeill, J. R. (2004). Altered Vascular Reactivity and KATP Channel Currents in Vascular Smooth Muscle Cells from Deoxycorticosterone Acetate (DOCA)-salt Hypertensive Rats. J. Cardiovasc. Pharmacol. 44, 525–531. doi:10.1097/00005344-200411000-00003
 Greene, A. K., Grant, F. D., and Maclellan, R. A. (2015). Obesity-induced Lymphedema Nonreversible Following Massive Weight Loss. Plast. Reconstr. Surg. Glob. Open 3, e426. doi:10.1097/GOX.0000000000000398
 Greene, A. K., and Maclellan, R. A. (2013). Obesity-induced Upper Extremity Lymphedema. Plast. Reconstr. Surg. Glob. Open 1, e59. doi:10.1097/GOX.0b013e3182a96359
 Greene, A. K., Zurakowski, D., and Goss, J. A. (2020). Body Mass Index and Lymphedema Morbidity: Comparison of Obese versus Normal-Weight Patients. Plast. Reconstr. Surg. 146, 402–407. doi:10.1097/PRS.0000000000007021
 Greene, A. K., and Sudduth, C. L. (2021). Lower Extremity Lymphatic Function Predicted by Body Mass index: a Lymphoscintigraphic Study of Obesity and Lipedema. Int. J. Obes. 45, 369–373. doi:10.1038/s41366-020-00681-6
 Greenstein, A. S., Kadir, S. Z. A. S., Csato, V., Sugden, S. A., Baylie, R. A., Eisner, D. A., et al. (2020). Disruption of Pressure-Induced Ca2+ Spark Vasoregulation of Resistance Arteries, rather Than Endothelial Dysfunction, Underlies Obesity-Related Hypertension. Hypertension 75, 539–548. doi:10.1161/HYPERTENSIONAHA.119.13540
 Grundy, S. M., Cleeman, J. I., Grundy, S. M., Cleeman, J. I., Daniels, S. R., Donato, K. A., et al. (2005). Diagnosis and Management of the Metabolic Syndrome. An American Heart Association/National Heart, Lung, and Blood Institute Scientific Statement. Executive Summary. Cardiol. Rev. 13, 322–327. doi:10.1161/CIRCULATIONAHA.105.169404
 Hald, B. O., Castorena-Gonzalez, J. A., Zawieja, S. D., Gui, P., and Davis, M. J. (2018). Electrical Communication in Lymphangions. Biophysical J. 115 (5), 936–949. doi:10.1016/j.bpj.2018.07.033
 Hao, P. P., Yang, J. M., Zhang, M. X., Zhang, K., Chen, Y. G., Zhang, C., et al. (2015). Angiotensin-(1-7) Treatment Mitigates Right Ventricular Fibrosis as a Distinctive Feature of Diabetic Cardiomyopathy. Am. J. Physiol. Heart Circ. Physiol. 308, H1007–H1019. doi:10.1152/ajpheart.00563.2014
 Hargens, A. R., and Zweifach, B. W. (1977). Contractile Stimuli in Collecting Lymph Vessels. Am. J. Physiol. 233, H57–H65. doi:10.1152/ajpheart.1977.233.1.H57
 Heiker, J. T., Kunath, A., Kosacka, J., Flehmig, G., Knigge, A., Kern, M., et al. (2014). Identification of Genetic Loci Associated with Different Responses to High-Fat Diet-Induced Obesity in C57BL/6N and C57BL/6J Substrains. Physiol. Genomics 46, 377–384. doi:10.1152/physiolgenomics.00014.2014
 Ho, Y. C., and Srinivasan, R. S. (2020). Lymphatic Vasculature in Energy Homeostasis and Obesity. Front. Physiol. 11, 3. doi:10.3389/fphys.2020.00003
 Hodnett, B. L., Xiang, L., Dearman, J. A., Carter, C. B., and Hester, R. L. (2008). K(ATP)-mediated Vasodilation Is Impaired in Obese Zucker Rats. Microcirculation 15, 485–494. doi:10.1080/10739680801942240
 Hollywood, M. A., Cotton, K. D., Thornbury, K. D., and McHale, N. G. (1997). Tetrodotoxin-sensitive Sodium Current in Sheep Lymphatic Smooth Muscle. J. Physiol. 503 (Pt 1), 13–20. doi:10.1111/j.1469-7793.1997.013bi.x
 Hosaka, K., Mizuno, R., and Ohhashi, T. (2003). Rho-Rho Kinase Pathway Is Involved in the Regulation of Myogenic Tone and Pump Activity in Isolated Lymph Vessels. Am. J. Physiol. Heart Circ. Physiol. 284, H2015–H2025. doi:10.1152/ajpheart.00763.2002
 Hovnanian, A. (2007). SERCA Pumps and Human Diseases. Subcell Biochem. 45, 337–363. doi:10.1007/978-1-4020-6191-2_12
 Imtiaz, M. S., Zhao, J., Hosaka, K., von der Weid, P. Y., Crowe, M., and van Helden, D. F. (2007). Pacemaking through Ca2+ Stores Interacting as Coupled Oscillators via Membrane Depolarization. Biophys. J. 92, 3843–3861. doi:10.1529/biophysj.106.095687
 Irat, A. M., Aslamaci, S., Karasu, C., and Ari, N. (2006). Alteration of Vascular Reactivity in Diabetic Human Mammary Artery and the Effects of Thiazolidinediones. J. Pharm. Pharmacol. 58, 1647–1653. doi:10.1211/jpp.58.12.0012
 Irrthum, A., Karkkainen, M. J., Devriendt, K., Alitalo, K., and Vikkula, M. (2000). Congenital Hereditary Lymphedema Caused by a Mutation that Inactivates VEGFR3 Tyrosine Kinase. Am. J. Hum. Genet. 67, 295–301. doi:10.1086/303019
 Ivanov, S., Scallan, J. P., Kim, K. W., Werth, K., Johnson, M. W., Saunders, B. T., et al. (2016). CCR7 and IRF4-dependent Dendritic Cells Regulate Lymphatic Collecting Vessel Permeability. J. Clin. Invest. 126, 1581–1591. doi:10.1172/JCI84518
 Jamalian, S., Jafarnejad, M., Zawieja, S. D., Bertram, C. D., Gashev, A. A., Zawieja, D. C., et al. (2017). Demonstration and Analysis of the Suction Effect for Pumping Lymph from Tissue Beds at Subatmospheric Pressure. Sci. Rep. 7, 12080. doi:10.1038/s41598-017-11599-x
 Jiang, M. J., and Morgan, K. G. (1989). Agonist-specific Myosin Phosphorylation and Intracellular Calcium during Isometric Contractions of Arterial Smooth Muscle. Pflugers Arch. 413, 637–643. doi:10.1007/BF00581814
 Jiang, M. J., and Morgan, K. G. (1987). Intracellular Calcium Levels in Phorbol Ester-Induced Contractions of Vascular Muscle. Am. J. Physiol. 253, H1365–H1371. doi:10.1152/ajpheart.1987.253.6.H1365
 Jiang, X., Tian, W., Nicolls, M. R., and Rockson, S. G. (2019). The Lymphatic System in Obesity, Insulin Resistance, and Cardiovascular Diseases. Front. Physiol. 10, 1402. doi:10.3389/fphys.2019.01402
 Jo, M., Trujillo, A. N., Yang, Y., and Breslin, J. W. (2019). Evidence of Functional Ryanodine Receptors in Rat Mesenteric Collecting Lymphatic Vessels. Am. J. Physiol. Heart Circ. Physiol. 317, H561–h574. doi:10.1152/ajpheart.00564.2018
 Kalliovalkama, J., Jolma, P., Tolvanen, J. P., Kähönen, M., Hutri-Kähönen, N., Wu, X., et al. (1999). Arterial Function in Nitric Oxide-Deficient Hypertension: Influence of Long-Term Angiotensin II Receptor Antagonism. Cardiovasc. Res. 42, 773–782. doi:10.1016/s0008-6363(98)00346-0
 Kam, K. L., Pfaffendorf, M., and van Zwieten, P. A. (1994). Drug-induced Endothelium-dependent and -independent Relaxations in Isolated Resistance Vessels Taken from Simultaneously Hypertensive and Streptozotocin-Diabetic Rats. Blood Press. 3, 418–427. doi:10.3109/08037059409102296
 Kang, S., Dahl, R., Hsieh, W., Shin, A. C., Zsebo, K. M., Buettner, C., et al. (2015). Small Molecular Allosteric Activator of the Sarco/Endoplasmic Reticulum Ca2+-ATPase (SERCA) Attenuates Diabetes and Metabolic Disorders. J. Biol. Chem. 291, 5185-98. doi:10.1074/jbc.M115.705012
 Karkkainen, M. J., Saaristo, A., Jussila, L., Karila, K. A., Lawrence, E. C., Pajusola, K., et al. (2001). A Model for Gene Therapy of Human Hereditary Lymphedema. Proc. Natl. Acad. Sci. U S A. 98, 12677–12682. doi:10.1073/pnas.221449198
 Kataru, R. P., Park, H. J., Baik, J. E., Li, C., Shin, J., and Mehrara, B. J. (2020). Regulation of Lymphatic Function in Obesity. Front. Physiol. 11, 459. doi:10.3389/fphys.2020.00459
 Kawata, T., Mimuro, T., Onuki, T., Tsuchiya, K., Nihei, H., and Koike, T. (1998). The K(ATP) Channel Opener Nicorandil: Effect on Renal Hemodynamics in Spontaneously Hypertensive and Wistar Kyoto Rats. Kidney Int. Suppl. 67, S231–S233. doi:10.1046/j.1523-1755.1998.06758.x
 Keller, T. C. S., Lim, L., Shewale, S. V., McDaid, K., Martí-Pàmies Í, T. A. T., Wittig, C., et al. (2021). Genetic Blockade of Lymphangiogenesis Does Not Impair Cardiac Function after Myocardial Infarction. J. Clin. Invest. 131, e147070. doi:10.1172/jci147070
 Khavandi, K., Baylie, R. A., Sugden, S. A., Ahmed, M., Csato, V., Eaton, P., et al. (2016). Pressure-induced Oxidative Activation of PKG Enables Vasoregulation by Ca2+ sparks and BK Channels. Sci. signaling 9, ra100. doi:10.1126/scisignal.aaf6625
 Kim, H. J., Li, M., Nichols, C. G., and Davis, M. J. (2021). Large-conductance Calcium-Activated K+ Channels, rather Than KATP Channels, Mediate the Inhibitory Effects of Nitric Oxide on Mouse Lymphatic Pumping. Br. J. Pharmacol. 178, 4119–4136. doi:10.1111/bph.15602
 Kinoshita, H., Azma, T., Iranami, H., Nakahata, K., Kimoto, Y., Dojo, M., et al. (2006). Synthetic Peroxisome Proliferator-Activated Receptor-Gamma Agonists Restore Impaired Vasorelaxation via ATP-Sensitive K+ Channels by High Glucose. J. Pharmacol. Exp. Ther. 318, 312–318. doi:10.1124/jpet.106.100958
 Kirkpatrick, C. T., and McHale, N. G. (1977). Electrical and Mechanical Activity of Isolated Lymphatic Vessels [proceedings]. J. Physiol. 272, 33P–34P. 
 Kitazono, T., Heistad, D. D., and Faraci, F. M. (1993). ATP-sensitive Potassium Channels in the Basilar Artery during Chronic Hypertension. Hypertension 22, 677–681. doi:10.1161/01.hyp.22.5.677
 Kuan, E. L., Ivanov, S., Bridenbaugh, E. A., Victora, G., Wang, W., Childs, E. W., et al. (2015). Collecting Lymphatic Vessel Permeability Facilitates Adipose Tissue Inflammation and Distribution of Antigen to Lymph Node-Homing Adipose Tissue Dendritic Cells. J. Immunol. 194, 5200–5210. doi:10.4049/jimmunol.1500221
 Kubes, P., and Granger, D. N. (1992). Nitric Oxide Modulates Microvascular Permeability. Am. J. Physiol. 262, H611–H615. doi:10.1152/ajpheart.1992.262.2.H611
 Kurtz, K. H., Souza-Smith, F. M., Moor, A. N., and Breslin, J. W. (2014). Rho Kinase Enhances Contractions of Rat Mesenteric Collecting Lymphatics. PloS one 9, e94082. doi:10.1371/journal.pone.0094082
 Lang, P., Hasselwander, S., Li, H., and Xia, N. (2019). Effects of Different Diets Used in Diet-Induced Obesity Models on Insulin Resistance and Vascular Dysfunction in C57BL/6 Mice. Sci. Rep. 9, 19556. doi:10.1038/s41598-019-55987-x
 Lapinski, P. E., Lubeck, B. A., Chen, D., Doosti, A., Zawieja, S. D., Davis, M. J., et al. (2017). RASA1 Regulates the Function of Lymphatic Vessel Valves in Mice. J. Clin. Invest. 127, 2569–2585. doi:10.1172/JCI89607
 Lee, S., Roizes, S., and von der Weid, P. Y. (2014). Distinct Roles of L- and T-type Voltage-dependent Ca2+ Channels in Regulation of Lymphatic Vessel Contractile Activity. J. Physiol. 592, 5409–5427. doi:10.1113/jphysiol.2014.280347
 Lee, Y., Chakraborty, S., Meininger, C. J., and Muthuchamy, M. (2018). Insulin Resistance Disrupts Cell Integrity, Mitochondrial Function and Inflammatory Signaling in Lymphatic Endothelium. Microcirculation 25, e12492. doi:10.1111/micc.12492
 Lee, Y., Chakraborty, S., and Muthuchamy, M. (2020). Roles of Sarcoplasmic Reticulum Ca2+ ATPase Pump in the Impairments of Lymphatic Contractile Activity in a Metabolic Syndrome Rat Model. Sci. Rep. 10, 12320. doi:10.1038/s41598-020-69196-4
 Lee, Y., Fluckey, J. D., Chakraborty, S., and Muthuchamy, M. (2017). Hyperglycemia- and Hyperinsulinemia-Induced Insulin Resistance Causes Alterations in Cellular Bioenergetics and Activation of Inflammatory Signaling in Lymphatic Muscle. FASEB J. 31 (7), 2744–2759. doi:10.1096/fj.201600887R
 Leo, M. D., Peixoto-Nieves, D., Yin, W., Raghavan, S., Muralidharan, P., Mata-Daboin, A., et al. (2021). TMEM16A Channel Upregulation in Arterial Smooth Muscle Cells Produces Vasoconstriction during Diabetes. Am. J. Physiol. Heart Circ. Physiol. 320, H1089–h1101. doi:10.1152/ajpheart.00690.2020
 Levick, J. R., and Michel, C. C. (2010). Microvascular Fluid Exchange and the Revised Starling Principle. Cardiovasc. Res. 87, 198–210. doi:10.1093/cvr/cvq062
 Li, S. S., Cui, N., Yang, Y., Trower, T. C., Wei, Y. M., Wu, Y., et al. (2015). Impairment of the Vascular KATP Channel Imposes Fatal Susceptibility to Experimental Diabetes Due to Multi-Organ Injuries. J. Cel Physiol 230, 2915–2926. doi:10.1002/jcp.25003
 Long, L. L., Svenson, K. L., Mourino, A. J., Michaud, M., Fahey, J. R., Waterman, L., et al. (2021). Shared and Distinctive Features of the Gut Microbiome of C57BL/6 Mice from Different Vendors and Production Sites, and in Response to a New Vivarium. Lab. Anim. (Ny) 50, 185–195. doi:10.1038/s41684-021-00777-0
 Lu, S., Xiang, L., Clemmer, J. S., Gowdey, A. R., Mittwede, P. N., and Hester, R. L. (2013). Impaired Vascular KATP Function Attenuates Exercise Capacity in Obese Zucker Rats. Microcirculation 20, 662–669. doi:10.1111/micc.12065
 Masuo, M., Reardon, S., Ikebe, M., and Kitazawa, T. (1994). A Novel Mechanism for the Ca(2+)-Sensitizing Effect of Protein Kinase C on Vascular Smooth Muscle: Inhibition of Myosin Light Chain Phosphatase. J. Gen. Physiol. 104, 265–286. doi:10.1085/jgp.104.2.265
 Mathias, R., and von der Weid, P. Y. (2013). Involvement of the NO-cGMP-K(ATP) Channel Pathway in the Mesenteric Lymphatic Pump Dysfunction Observed in the guinea Pig Model of TNBS-Induced Ileitis. Am. J. Physiol. Gastrointest. Liver Physiol. 304, G623–G634. doi:10.1152/ajpgi.00392.2012
 McHale, N. G., and Meharg, M. K. (1992). Co-ordination of Pumping in Isolated Bovine Lymphatic Vessels. J. Physiol. 450, 503–512. doi:10.1113/jphysiol.1992.sp019139
 McHale, N. G., and Roddie, I. C. (1976). The Effect of Transmural Pressure on Pumping Activity in Isolated Bovine Lymphatic Vessels. J. Physiol. 261, 255–269. doi:10.1113/jphysiol.1976.sp011557
 McHale, N. G., Roddie, I. C., and Thornbury, K. D. (1980). Nervous Modulation of Spontaneous Contractions in Bovine Mesenteric Lymphatics. J. Physiol. 309, 461–472. doi:10.1113/jphysiol.1980.sp013520
 Mehrara, B. J., and Greene, A. K. (2014). Lymphedema and Obesity: Is There a Link?Plast. Reconstr. Surg. 134, 154e–160e. doi:10.1097/PRS.0000000000000268
 Mekada, K., and Yoshiki, A. (2021). Substrains Matter in Phenotyping of C57BL/6 Mice. Exp. Anim. 70, 145–160. doi:10.1538/expanim.20-0158
 Michel, C. C., Woodcock, T. E., and Curry, F. E. (2020). Understanding and Extending the Starling Principle. Acta Anaesthesiol Scand. 64, 1032–1037. doi:10.1111/aas.13603
 Mislin, H. (1976). Active Contractility of the Lymphangion and Coordination of Lymphangion Chains. Experientia 32, 820–822. doi:10.1007/BF02003701
 Miura, H., Wachtel, R. E., Loberiza, F. R., Saito, T., Miura, M., Nicolosi, A. C., et al. (2003). Diabetes Mellitus Impairs Vasodilation to Hypoxia in Human Coronary Arterioles: Reduced Activity of ATP-Sensitive Potassium Channels. Circ. Res. 92, 151–158. doi:10.1161/01.res.0000052671.53256.49
 Miyata, N., Tsuchida, K., and Otomo, S. (1990). Functional Changes in Potassium Channels in Carotid Arteries from Stroke-Prone Spontaneously Hypertensive Rats. Eur. J. Pharmacol. 182, 209–210. doi:10.1016/0014-2999(90)90517-a
 Mizuno, R., Ono, N., and Ohhashi, T. (1999). Involvement of ATP-Sensitive K(+) Channels in Spontaneous Activity of Isolated Lymph Microvessels in Rats. Am. J. Physiol. 277, H1453–H1456. doi:10.1152/ajpheart.1999.277.4.H1453
 Mohanakumar, S., Majgaard, J., Telinius, N., Katballe, N., Pahle, E., Hjortdal, V., et al. (2018). Spontaneous and α-adrenoceptor-induced Contractility in Human Collecting Lymphatic Vessels Require Chloride. Am. J. Physiol. Heart Circ. Physiol. 315, H389–h401. doi:10.1152/ajpheart.00551.2017
 Murthy, K. S., Zhou, H., Grider, J. R., and Makhlouf, G. M. (2003). Inhibition of Sustained Smooth Muscle Contraction by PKA and PKG Preferentially Mediated by Phosphorylation of RhoA. Am. J. Physiol. Gastrointest. Liver Physiol. 284, G1006–G1016. doi:10.1152/ajpgi.00465.2002
 Muthuchamy, M., Gashev, A., Boswell, N., Dawson, N., and Zawieja, D. (2003). Molecular and Functional Analyses of the Contractile Apparatus in Lymphatic Muscle. FASEB J. 17, 920–922. doi:10.1096/fj.02-0626fje
 Muthuchamy, M., and Zawieja, D. (2008). Molecular Regulation of Lymphatic Contractility. Ann. N. Y Acad. Sci. 1131, 89–99. doi:10.1196/annals.1413.008
 Nagai, T., Bridenbaugh, E. A., and Gashev, A. A. (2011). Aging-associated Alterations in Contractility of Rat Mesenteric Lymphatic Vessels. Microcirculation 18, 463–473. doi:10.1111/j.1549-8719.2011.00107.x
 Nakamura, K., Radhakrishnan, K., Wong, Y. M., and Rockson, S. G. (2009). Anti-inflammatory Pharmacotherapy with Ketoprofen Ameliorates Experimental Lymphatic Vascular Insufficiency in Mice. PloS one 4, e8380. doi:10.1371/journal.pone.0008380
 Navedo, M. F., Takeda, Y., Nieves-Cintrón, M., Molkentin, J. D., and Santana, L. F. (2010). Elevated Ca2+ Sparklet Activity during Acute Hyperglycemia and Diabetes in Cerebral Arterial Smooth Muscle Cells. Am. J. Physiol. Cel Physiol 298, C211–C220. doi:10.1152/ajpcell.00267.2009
 Nelson, M. T., Cheng, H., Rubart, M., Santana, L. F., Bonev, A. D., Knot, H. J., et al. (1995). Relaxation of Arterial Smooth Muscle by Calcium sparks. Science 270, 633–637. doi:10.1126/science.270.5236.633
 Nepiyushchikh, Z. V., Chakraborty, S., Wang, W., Davis, M. J., Zawieja, D. C., and Muthuchamy, M. (2011). Differential Effects of Myosin Light Chain Kinase Inhibition on Contractility, Force Development and Myosin Light Chain 20 Phosphorylation of Rat Cervical and Thoracic Duct Lymphatics. J. Physiol. 589, 5415–5429. doi:10.1113/jphysiol.2011.218446
 Nieves-Cintrón, M., Nystoriak, M. A., Prada, M. P., Johnson, K., Fayer, W., Dell'Acqua, M. L., et al. (2016). Selective Down-Regulation of KV2.1 Function Contributes to Enhanced Arterial Tone during Diabetes. J. Biol. Chem. 291, 4912. doi:10.1074/jbc.A114.622811
 Niimi, K., Nakae, J., Inagaki, S., and Furuyama, T. (2021). FOXO1 Represses Lymphatic Valve Formation and Maintenance via PRDM1. Cel Rep 37, 110048. doi:10.1016/j.celrep.2021.110048
 Nitti, M. D., Hespe, G. E., Kataru, R. P., García Nores, G. D., Savetsky, I. L., Torrisi, J. S., et al. (2016). Obesity-induced Lymphatic Dysfunction Is Reversible with Weight Loss. J. Physiol. 594, 7073–7087. doi:10.1113/JP273061
 Norden, P. R., and Kume, T. (2020). The Role of Lymphatic Vascular Function in Metabolic Disorders. Front. Physiol. 11, 1-16, 404. doi:10.3389/fphys.2020.00404
 Norden, P. R., and Kume, T. (2021). Molecular Mechanisms Controlling Lymphatic Endothelial Junction Integrity. Front. Cel. Dev. Biol. 8, 1-10, 627647. doi:10.3389/fcell.2020.627647
 Norrmén, C., Tammela, T., Petrova, T. V., and Alitalo, K. (2011). Biological Basis of Therapeutic Lymphangiogenesis. Circulation 123, 1335–1351. doi:10.1161/CIRCULATIONAHA.107.704098
 Nowycky, M. C., Fox, A. P., and Tsien, R. W. (1985). Long-opening Mode of Gating of Neuronal Calcium Channels and its Promotion by the Dihydropyridine Calcium Agonist Bay K 8644. Proc. Natl. Acad. Sci. U S A. 82, 2178–2182. doi:10.1073/pnas.82.7.2178
 Nurmi, H., Saharinen, P., Zarkada, G., Zheng, W., Robciuc, M. R., and Alitalo, K. (2015). VEGF-C Is Required for Intestinal Lymphatic Vessel Maintenance and Lipid Absorption. EMBO Mol. Med. 7, 1418–1425. doi:10.15252/emmm.201505731
 Nystoriak, M. A., Nieves-Cintrón, M., Nygren, P. J., Hinke, S. A., Nichols, C. B., Chen, C. Y., et al. (2014). AKAP150 Contributes to Enhanced Vascular Tone by Facilitating Large-Conductance Ca2+-Activated K+ Channel Remodeling in Hyperglycemia and Diabetes Mellitus. Circ. Res. 114, 607–615. doi:10.1161/CIRCRESAHA.114.302168
 Nystoriak, M. A., Nieves-Cintrón, M., Patriarchi, T., Buonarati, O. R., Prada, M. P., Morotti, S., et al. (2017). Ser1928 Phosphorylation by PKA Stimulates the L-type Ca2+ Channel CaV1.2 and Vasoconstriction during Acute Hyperglycemia and Diabetes. Sci. Signal. 10, eaaf9647. doi:10.1126/scisignal.aaf9647
 Oda, T., Yang, Y., Uchinoumi, H., Thomas, D. D., Chen-Izu, Y., Kato, T., et al. (2015). Oxidation of Ryanodine Receptor (RyR) and Calmodulin Enhance Ca Release and Pathologically Alter, RyR Structure and Calmodulin Affinity. J. Mol. Cel Cardiol 85, 240–248. doi:10.1016/j.yjmcc.2015.06.009
 Ohhashi, T., and Azuma, T. (1982). Effect of Potassium on Membrane Potential and Tension Development in Bovine Mesenteric Lymphatics. Microvasc. Res. 23, 93–98. doi:10.1016/0026-2862(82)90034-6
 Olszewski, W. L. (2008). Contractility Patterns of Human Leg Lymphatics in Various Stages of Obstructive Lymphedema. Ann. N. Y Acad. Sci. 1131, 110–118. doi:10.1196/annals.1413.010
 Olszewski, W. L. (2002). Contractility Patterns of normal and Pathologically Changed Human Lymphatics. Ann. N. Y Acad. Sci. 979 (52-63), discussion 52–59. doi:10.1111/j.1749-6632.2002.tb04867.x
 Olszewski, W. L., and Engeset, A. (1979). Lymphatic Contractions. N. Engl. J. Med. 300, 316. doi:10.1056/NEJM197902083000613
 Orlov, S. N., Koltsova, S. V., Kapilevich, L. V., Gusakova, S. V., and Dulin, N. O. (2015). NKCC1 and NKCC2: The Pathogenetic Role of Cation-Chloride Cotransporters in Hypertension. Genes Dis. 2, 186–196. doi:10.1016/j.gendis.2015.02.007
 Pang, H., Guo, Z., Su, W., Xie, Z., Eto, M., and Gong, M. C. (2005). RhoA-Rho Kinase Pathway Mediates Thrombin- and U-46619-Induced Phosphorylation of a Myosin Phosphatase Inhibitor, CPI-17, in Vascular Smooth Muscle Cells. Am. J. Physiol. Cel Physiol 289, C352–C360. doi:10.1152/ajpcell.00111.2005
 Periasamy, M., and Kalyanasundaram, A. (2007). SERCA Pump Isoforms: Their Role in Calcium Transport and Disease. Muscle Nerve 35, 430–442. doi:10.1002/mus.20745
 Petrova, T. V., Karpanen, T., Norrmén, C., Mellor, R., Tamakoshi, T., Finegold, D., et al. (2004). Defective Valves and Abnormal Mural Cell Recruitment Underlie Lymphatic Vascular Failure in Lymphedema Distichiasis. Nat. Med. 10, 974–981. doi:10.1038/nm1094
 Quick, C. M., Ngo, B. L., Venugopal, A. M., and Stewart, R. H. (2009). Lymphatic Pump-Conduit Duality: Contraction of Postnodal Lymphatic Vessels Inhibits Passive Flow. Am. J. Physiol. Heart Circ. Physiol. 296, H662–H668. doi:10.1152/ajpheart.00322.2008
 Rainbow, R. D., Hardy, M. E., Standen, N. B., and Davies, N. W. (2006). Glucose Reduces Endothelin Inhibition of Voltage-Gated Potassium Channels in Rat Arterial Smooth Muscle Cells. J. Physiol. 575, 833–844. doi:10.1113/jphysiol.2006.114009
 Randolph, G. J., Ivanov, S., Zinselmeyer, B. H., and Scallan, J. P. (2016). The Lymphatic System: Integral Roles in Immunity. Annu. Rev. Immunol. 35, 31–52. doi:10.1146/annurev-immunol-041015-055354
 Rehal, S., Kataru, R. P., Hespe, G. E., Baik, J. E., Park, H. J., Ly, C., et al. (2020). Regulation of Lymphatic Function and Injury by Nitrosative Stress in Obese Mice. Mol. Metab. 42, 101081. doi:10.1016/j.molmet.2020.101081
 Rockson, S. G. (2021). Advances in Lymphedema. Circ. Res. 128, 2003–2016. doi:10.1161/CIRCRESAHA.121.318307
 Rockson, S. G., and Rivera, K. K. (2008). Estimating the Population burden of Lymphedema. Ann. N. Y Acad. Sci. 1131, 147–154. doi:10.1196/annals.1413.014
 Rockson, S. G., Tian, W., Jiang, X., Kuznetsova, T., Haddad, F., Zampell, J., et al. (2018). Pilot Studies Demonstrate the Potential Benefits of Antiinflammatory Therapy in Human Lymphedema. JCI insight 3, 1–11. doi:10.1172/jci.insight.123775
 Russell, P. S., Hong, J., Trevaskis, N. L., Windsor, J. A., Martin, N. D., and Phillips, A. R. J. (2021). Lymphatic Contractile Function: A Comprehensive Review of Drug Effects and Potential Clinical Application. Cardiovasc. Res. 0, 1–21. doi:10.1093/cvr/cvab279
 Saaristo, A., Karkkainen, M. J., and Alitalo, K. (2002). Insights into the Molecular Pathogenesis and Targeted Treatment of Lymphedema. Ann. N. Y Acad. Sci. 979, 94–110. doi:10.1111/j.1749-6632.2002.tb04871.x
 Savetsky, I. L., Albano, N. J., Cuzzone, D. A., Gardenier, J. C., Torrisi, J. S., García Nores, G. D., et al. (2015). Lymphatic Function Regulates Contact Hypersensitivity Dermatitis in Obesity. J. Invest. Dermatol. 135, 2742–2752. doi:10.1038/jid.2015.283
 Savetsky, I. L., Torrisi, J. S., Cuzzone, D. A., Ghanta, S., Albano, N. J., Gardenier, J. C., et al. (2014). Obesity Increases Inflammation and Impairs Lymphatic Function in a Mouse Model of Lymphedema. Am. J. Physiol. Heart Circ. Physiol. 307, H165–H172. doi:10.1152/ajpheart.00244.2014
 Scallan, J. P., and Davis, M. J. (2013). Genetic Removal of Basal Nitric Oxide Enhances Contractile Activity in Isolated Murine Collecting Lymphatic Vessels. J. Physiol. 591, 2139–2156. doi:10.1113/jphysiol.2012.250662
 Scallan, J. P., Davis, M. J., and Huxley, V. H. (2013). Permeability and Contractile Responses of Collecting Lymphatic Vessels Elicited by Atrial and Brain Natriuretic Peptides. J. Physiol. 591, 5071–5081. doi:10.1113/jphysiol.2013.260042
 Scallan, J. P., Hill, M. A., and Davis, M. J. (2015). Lymphatic Vascular Integrity Is Disrupted in Type 2 Diabetes Due to Impaired Nitric Oxide Signalling. Cardiovasc. Res. 107, 89–97. doi:10.1093/cvr/cvv117
 Scallan, J. P., and Huxley, V. H. (2010). In Vivo determination of Collecting Lymphatic Vessel Permeability to Albumin: a Role for Lymphatics in Exchange. J. Physiol. 588, 243–254. doi:10.1113/jphysiol.2009.179622
 Scallan, J. P., Knauer, L. A., Hou, H., Castorena-Gonzalez, J. A., Davis, M. J., and Yang, Y. (2021). Foxo1 Deletion Promotes the Growth of New Lymphatic Valves. J. Clin. Invest. 131, e142341. doi:10.1172/jci142341
 Scallan, J. P., Zawieja, S. D., Castorena-Gonzalez, J. A., and Davis, M. J. (2016). Lymphatic Pumping: Mechanics, Mechanisms and Malfunction. J. Physiol. 594, 5749–5768. doi:10.1113/JP272088
 Schlossmann, J., Ammendola, A., Ashman, K., Zong, X., Huber, A., Neubauer, G., et al. (2000). Regulation of Intracellular Calcium by a Signalling Complex of IRAG, IP3 Receptor and cGMP Kinase Ibeta. Nature 404, 197–201. doi:10.1038/35004606
 Schulte-Merker, S., Sabine, A., and Petrova, T. V. (2011). Lymphatic Vascular Morphogenesis in Development, Physiology, and Disease. J. Cel Biol 193, 607–618. doi:10.1083/jcb.201012094
 Shelton, E. L., Yang, H. C., Zhong, J., Salzman, M. M., and Kon, V. (2020). Renal Lymphatic Vessel Dynamics. Am. J. Physiol. Ren. Physiol 319, F1027–f1036. doi:10.1152/ajprenal.00322.2020
 Shew, T., Wolins, N. E., and Cifarelli, V. (2018). VEGFR-3 Signaling Regulates Triglyceride Retention and Absorption in the Intestine. Front. Physiol. 9, 1783. doi:10.3389/fphys.2018.01783
 Si, Y. H., Niu, C. Y., Zhao, Z. G., Zhang, L. M., and Zhang, Y. P. (2013). Role of RhoA in Regulating the Pump Function of Isolated Lymphatics from Hemorrhagic Shock Rats. Shock 40, 49–58. doi:10.1097/SHK.0b013e31829635cf
 Singh, R., Moreno, P., Hajjar, R. J., and Lebeche, D. (2018). A Role for Calcium in Resistin Transcriptional Activation in Diabetic Hearts. Sci. Rep. 8, 15633. doi:10.1038/s41598-018-34112-4
 Skinner, A. C., Ravanbakht, S. N., Skelton, J. A., Perrin, E. M., and Armstrong, S. C. (2018). Prevalence of Obesity and Severe Obesity in US Children, 1999-2016. Pediatrics 141, e20173459. doi:10.1542/peds.2017-3459
 Somlyo, A. P., and Somlyo, A. V. (2004). Signal Transduction through the RhoA/Rho-Kinase Pathway in Smooth Muscle. J. Muscle Res. Cel Motil 25, 613–615. doi:10.1007/s10974-004-3146-1
 Sones, W. R., Leblanc, N., and Greenwood, I. A. (2009). Inhibition of Vascular Calcium-Gated Chloride Currents by Blockers of KCa1.1, but Not by Modulators of KCa2.1 or KCa2.3 Channels. Br. J. Pharmacol. 158, 521–531. doi:10.1111/j.1476-5381.2009.00332.x
 Stolarz, A. J., Sarimollaoglu, M., Marecki, J. C., Fletcher, T. W., Galanzha, E. I., Rhee, S. W., et al. (2019). Doxorubicin Activates Ryanodine Receptors in Rat Lymphatic Muscle Cells to Attenuate Rhythmic Contractions and Lymph Flow. J. Pharmacol. Exp. Ther. 371, 278–289. doi:10.1124/jpet.119.257592
 Straub, S. V., Girouard, H., Doetsch, P. E., Hannah, R. M., Wilkerson, M. K., and Nelson, M. T. (2009). Regulation of Intracerebral Arteriolar Tone by K(v) Channels: Effects of Glucose and PKC. Am. J. Physiol. Cel Physiol 297, C788–C796. doi:10.1152/ajpcell.00148.2009
 Sudduth, C. L., and Greene, A. K. (2021). Current Overview of Obesity-Induced Lymphedema. Adv. Wound Care (New Rochelle). 27 January 2021. doi:10.1089/wound.2020.1337
 Telinius, N., Kim, S., Pilegaard, H., Pahle, E., Nielsen, J., Hjortdal, V., et al. (2014a). The Contribution of K(+) Channels to Human Thoracic Duct Contractility. Am. J. Physiol. Heart Circ. Physiol. 307, H33–H43. doi:10.1152/ajpheart.00921.2013
 Telinius, N., Mohanakumar, S., Majgaard, J., Kim, S., Pilegaard, H., Pahle, E., et al. (2014b). Human Lymphatic Vessel Contractile Activity Is Inhibited In Vitro but Not In Vivo by the Calcium Channel Blocker Nifedipine. J. Physiol. 592, 4697–4714. doi:10.1113/jphysiol.2014.276683
 Teshima, Y., Takahashi, N., Saikawa, T., Hara, M., Yasunaga, S., Hidaka, S., et al. (2000). Diminished Expression of Sarcoplasmic Reticulum Ca(2+)-ATPase and Ryanodine Sensitive Ca(2+)Channel mRNA in Streptozotocin-Induced Diabetic Rat Heart. J. Mol. Cel Cardiol 32, 655–664. doi:10.1006/jmcc.2000.1107
 To, K. H. T., Gui, P., Li, M., Zawieja, S. D., Castorena-Gonzalez, J. A., and Davis, M. J. (2020). T-type, but Not L-type, Voltage-Gated Calcium Channels Are Dispensable for Lymphatic Pacemaking and Spontaneous Contractions. Sci. Rep. 10, 70. doi:10.1038/s41598-019-56953-3
 Toland, H. M., McCloskey, K. D., Thornbury, K. D., McHale, N. G., and Hollywood, M. A. (2000). Ca(2+)-activated Cl(-) Current in Sheep Lymphatic Smooth Muscle. Am. J. Physiol. Cel Physiol 279, C1327–C1335. doi:10.1152/ajpcell.2000.279.5.C1327
 Torrisi, J. S., Hespe, G. E., Cuzzone, D. A., Savetsky, I. L., Nitti, M. D., Gardenier, J. C., et al. (2016). Inhibition of Inflammation and iNOS Improves Lymphatic Function in Obesity. Sci. Rep. 6, 19817. doi:10.1038/srep19817
 Triacca, V., Guc, E., Kilarski, W. W., Pisano, M., and Swartz, M. A. (2017). Transcellular Pathways in Lymphatic Endothelial Cells Regulate Changes in Solute Transport by Fluid Stress. Circ. Res. 120 (9), 1440–1452. doi:10.1161/circresaha.116.309828
 Trost, S. U., Belke, D. D., Bluhm, W. F., Meyer, M., Swanson, E., and Dillmann, W. H. (2002). Overexpression of the Sarcoplasmic Reticulum Ca(2+)-ATPase Improves Myocardial Contractility in Diabetic Cardiomyopathy. Diabetes 51, 1166–1171. doi:10.2337/diabetes.51.4.1166
 Tykocki, N. R., Boerman, E. M., and Jackson, W. F. (2017). Smooth Muscle Ion Channels and Regulation of Vascular Tone in Resistance Arteries and Arterioles. Compr. Physiol. 7, 485–581. doi:10.1002/cphy.c160011
 Van Helden, D. F. (1993). Pacemaker Potentials in Lymphatic Smooth Muscle of the guinea-pig Mesentery. J. Physiol. 471, 465–479. doi:10.1113/jphysiol.1993.sp019910
 Van, S., Pal, S., Garner, B. R., Steed, K., Sridharan, V., Mu, S., et al. (2021). Dantrolene Prevents the Lymphostasis Caused by Doxorubicin in the Rat Mesenteric Circulation. Front. Pharmacol. 12, 727526. doi:10.3389/fphar.2021.727526
 von der Weid, P. Y. (1998). ATP-sensitive K+ Channels in Smooth Muscle Cells of guinea-pig Mesenteric Lymphatics: Role in Nitric Oxide and Beta-Adrenoceptor Agonist-Induced Hyperpolarizations. Br. J. Pharmacol. 125, 17–22. doi:10.1038/sj.bjp.0702026
 von der Weid, P. Y., Crowe, M. J., and Van Helden, D. F. (1996). Endothelium-dependent Modulation of Pacemaking in Lymphatic Vessels of the guinea-pig Mesentery. J. Physiol. 493 ( Pt 2) (Pt 2), 563–575. doi:10.1113/jphysiol.1996.sp021404
 von der Weid, P. Y., Lee, S., Imtiaz, M. S., Zawieja, D. C., and Davis, M. J. (2014). Electrophysiological Properties of Rat Mesenteric Lymphatic Vessels and Their Regulation by Stretch. Lymphat Res. Biol. 12, 66–75. doi:10.1089/lrb.2013.0045
 von der Weid, P. Y., and Muthuchamy, M. (2010). Regulatory Mechanisms in Lymphatic Vessel Contraction under normal and Inflammatory Conditions. Pathophysiology 17, 263–276. doi:10.1016/j.pathophys.2009.10.005
 von der Weid, P. Y., Rahman, M., Imtiaz, M. S., and van Helden, D. F. (2008). Spontaneous Transient Depolarizations in Lymphatic Vessels of the guinea Pig Mesentery: Pharmacology and Implication for Spontaneous Contractility. Am. J. Physiol. Heart Circ. Physiol. 295, H1989–H2000. doi:10.1152/ajpheart.00007.2008
 von der Weid, P. Y., Rehal, S., Dyrda, P., Lee, S., Mathias, R., Rahman, M., et al. (2012). Mechanisms of VIP-Induced Inhibition of the Lymphatic Vessel Pump. J. Physiol. 590, 2677–2691. doi:10.1113/jphysiol.2012.230599
 von der Weid, P. Y., and Van Helden, D. F. (1997). Functional Electrical Properties of the Endothelium in Lymphatic Vessels of the guinea-pig Mesentery. J. Physiol. 504 (Pt 2), 439–451. doi:10.1111/j.1469-7793.1997.439be.x
 von der Weid, P. Y., and Zawieja, D. C. (2004). Lymphatic Smooth Muscle: the Motor Unit of Lymph Drainage. Int. J. Biochem. Cel Biol 36, 1147–1153. doi:10.1016/j.biocel.2003.12.008
 von der Weid, P. Y., Zhao, J., and Van Helden, D. F. (2001). Nitric Oxide Decreases Pacemaker Activity in Lymphatic Vessels of guinea Pig Mesentery. Am. J. Physiol. Heart Circ. Physiol. 280, H2707–H2716. doi:10.1152/ajpheart.2001.280.6.H2707
 Wang, C. Y., and Liao, J. K. (2012). A Mouse Model of Diet-Induced Obesity and Insulin Resistance. Methods Mol. Biol. 821, 421–433. doi:10.1007/978-1-61779-430-8_27
 Wang, W., Nepiyushchikh, Z., Zawieja, D. C., Chakraborty, S., Zawieja, S. D., Gashev, A. A., et al. (2009). Inhibition of Myosin Light Chain Phosphorylation Decreases Rat Mesenteric Lymphatic Contractile Activity. Am. J. Physiol. Heart Circ. Physiol. 297, H726–H734. doi:10.1152/ajpheart.00312.2009
 Weitman, E. S., Aschen, S. Z., Farias-Eisner, G., Albano, N., Cuzzone, D. A., Ghanta, S., et al. (2013). Obesity Impairs Lymphatic Fluid Transport and Dendritic Cell Migration to Lymph Nodes. PloS one 8, e70703. doi:10.1371/journal.pone.0070703
 Wetzig, N., Gill, P. G., Espinoza, D., Mister, R., Stockler, M. R., Gebski, V. J., et al. (2017). Sentinel-Lymph-Node-Based Management or Routine Axillary Clearance? Five-Year Outcomes of the RACS Sentinel Node Biopsy versus Axillary Clearance (SNAC) 1 Trial: Assessment and Incidence of True Lymphedema. Ann. Surg. Oncol. 24, 1064–1070. doi:10.1245/s10434-016-5669-2
 Wold, L. E., Dutta, K., Mason, M. M., Ren, J., Cala, S. E., Schwanke, M. L., et al. (2005). Impaired SERCA Function Contributes to Cardiomyocyte Dysfunction in Insulin Resistant Rats. J. Mol. Cel Cardiol 39, 297–307. doi:10.1016/j.yjmcc.2005.03.014
 Wu, T. F., Carati, C. J., Macnaughton, W. K., and von der Weid, P. Y. (2006). Contractile Activity of Lymphatic Vessels Is Altered in the TNBS Model of guinea Pig Ileitis. Am. J. Physiol. Gastrointest. Liver Physiol. 291, G566–G574. doi:10.1152/ajpgi.00058.2006
 Yao, L. C., Baluk, P., Srinivasan, R. S., Oliver, G., and McDonald, D. M. (2012). Plasticity of Button-like Junctions in the Endothelium of Airway Lymphatics in Development and Inflammation. Am. J. Pathol. 180, 2561–2575. doi:10.1016/j.ajpath.2012.02.019
 Yokoyama, S., and Ohhashi, T. (1993). Effects of Acetylcholine on Spontaneous Contractions in Isolated Bovine Mesenteric Lymphatics. Am. J. Physiol. 264, H1460–H1464. doi:10.1152/ajpheart.1993.264.5.H1460
 Yuan, S. Y. (2006). New Insights into eNOS Signaling in Microvascular Permeability. Am. J. Physiol. Heart Circ. Physiol. 291, H1029–H1031. doi:10.1152/ajpheart.00509.2006
 Yuan, Y., Arcucci, V., Levy, S. M., and Achen, M. G. (2019). Modulation of Immunity by Lymphatic Dysfunction in Lymphedema. Front. Immunol. 10, 76. doi:10.3389/fimmu.2019.00076
 Yuan, Y., Granger, H. J., Zawieja, D. C., and Chilian, W. M. (1992). Flow Modulates Coronary Venular Permeability by a Nitric Oxide-Related Mechanism. Am. J. Physiol. 263, H641–H646. doi:10.1152/ajpheart.1992.263.2.H641
 Zawieja, D. C. (2009). Contractile Physiology of Lymphatics. Lymphat Res. Biol. 7, 87–96. doi:10.1089/lrb.2009.0007
 Zawieja, D. C., Davis, K. L., Schuster, R., Hinds, W. M., and Granger, H. J. (1993). Distribution, Propagation, and Coordination of Contractile Activity in Lymphatics. Am. J. Physiol. 264, H1283–H1291. doi:10.1152/ajpheart.1993.264.4.H1283
 Zawieja, D. C. (1996). Lymphatic Microcirculation. Microcirculation 3, 241–243. doi:10.3109/10739689609148296
 Zawieja, S. D., Castorena, J. A., Gui, P., Li, M., Bulley, S. A., Jaggar, J. H., et al. (2019). Ano1 Mediates Pressure-Sensitive Contraction Frequency Changes in Mouse Lymphatic Collecting Vessels. J. Gen. Physiol. 151, 532–554. doi:10.1085/jgp.201812294
 Zawieja, S. D., Castorena-Gonzalez, J. A., Scallan, J. P., and Davis, M. J. (2018). Differences in L-type Ca2+ Channel Activity Partially Underlie the Regional Dichotomy in Pumping Behavior by Murine Peripheral and Visceral Lymphatic Vessels. Am. J. Physiol. Heart Circ. Physiol. 314, H991–h1010. doi:10.1152/ajpheart.00499.2017
 Zawieja, S. D., Gasheva, O., Zawieja, D. C., and Muthuchamy, M. (2016a). Blunted Flow-Mediated Responses and Diminished Nitric Oxide Synthase Expression in Lymphatic Thoracic Ducts of a Rat Model of Metabolic Syndrome. Am. J. Physiol. Heart Circ. Physiol. 310, H385–H393. doi:10.1152/ajpheart.00664.2015
 Zawieja, S. D., Wang, W., Chakraborty, S., Zawieja, D. C., and Muthuchamy, M. (2016b). Macrophage Alterations within the Mesenteric Lymphatic Tissue Are Associated with Impairment of Lymphatic Pump in Metabolic Syndrome. Microcirculation 23, 558–570. doi:10.1111/micc.12307
 Zawieja, S. D., Wang, W., Wu, X., Nepiyushchikh, Z. V., Zawieja, D. C., and Muthuchamy, M. (2012). Impairments in the Intrinsic Contractility of Mesenteric Collecting Lymphatics in a Rat Model of Metabolic Syndrome. Am. J. Physiol. Heart Circ. Physiol. 302, H643–H653. doi:10.1152/ajpheart.00606.2011
 Zhang, F., Zarkada, G., Han, J., Li, J., Dubrac, A., Ola, R., et al. (2018). Lacteal junction Zippering Protects against Diet-Induced Obesity. Science 361, 599–603. doi:10.1126/science.aap9331
 Zhu, M. H., Kim, T. W., Ro, S., Yan, W., Ward, S. M., Koh, S. D., et al. (2009). A Ca(2+)-Activated Cl(-) Conductance in Interstitial Cells of Cajal Linked to Slow Wave Currents and Pacemaker Activity. J. Physiol. 587, 4905–4918. doi:10.1113/jphysiol.2009.176206
Conflict of Interest: YL is currently working at GlaxoSmithKline.
The remaining authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.
Copyright © 2022 Lee, Zawieja and Muthuchamy. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.
OPS/xhtml/nav.xhtml
Contents

		Cover

		Lymphatic Collecting Vessel: New Perspectives on Mechanisms of Contractile Regulation and Potential Lymphatic Contractile Pathways to Target in Obesity and Metabolic Diseases		Introduction		Lymphatic System and Architecture

		Physiology of the Lymphatic Pump and Importance of LMCs in Lymphatic Contraction

		Molecular Mechanisms of Lymphatic Contraction

		Role of Endothelial Nitric Oxide Synthesis in Lymphatic Contractility

		Lymphatic contractile dysfunction in metabolic disease; distinct features of phasic and tonic contraction

		Potential pharmacological targets for therapeutic interventions to ameliorate lymphatic contractile dysfunction in metabolic disease





		Conclusion and Future Perspectives

		Author Contributions

		Funding

		Publisher’s Note

		Abbreviations

		References









OPS/images/cover.jpg
‘ frontiers
in Pharmacology

Lymphatic Collecting Vessel:
New Perspectives on
Mechanisms of Contractile
Regulation and Potential
Lymphatic Contractile Pathways
to Target in Obesity and
Metabolic Diseases





OPS/images/fphar-13-848088-g001.gif





OPS/images/fphar-13-848088-t001.jpg
Molecular
target

eNOS

SERCA

VEGFR3

Kate

Study model

High fructose induced
metabolic syndrome rat

db/db mice

High fructose induced
metabolic syndrome rat

High-fat diet induced
obese mice

High fructose induced
metabolic syndrome rat

Pharmacological/genetic intervention

Sitro-N-acetyl penicilamine (SNAP)
Lnitro-arginine methyl ester (L-NAME)

L-arginine L-nitro-arginine methyl ester
(-NAME)

Thapsigargin CDN1163

K14-VEGFC

Glibenclamide

Collecting lymphatic function

1 flow-mediated contractile frequency inhibition in MetSyn
Inhibition of NOS abolished the differences in the shear-
dependent contraction frequency between control and
MetSyn

Tpermeability in mesenteric collecting lymphatic
Ipermeabilty in db/db collecting lymphatic by NO
substrate

1 Lymphatic phasic contraction in mesenteric collecting
lymphatic in MetSyn

Inhibition of SERCA abolishes the difference in the phasic
contraction between control and MetSyn

Tlymphatic contraction partially by activating SERCA in
collecting lymphatic vessel

1 collecting lymphatic vessel function in obese mice
1 tracer spread in dermal lymphatic vessel in high-fat diet
fed K14-VEGFC mice

1 Lymphatic phasic contraction in mesenteric collecting
lymphatic in MetSyn

1 Lymphatic phasic contraction by inhibiting Kxrp channel
in mesenteric collecting lymphatic

References

Zawieja et al.
(20162)

Scallan et al.
(2015)

Lee et al. (2020)

Blum et al.
(2014)

Zawieja et al.
(2016b)









OPS/images/crossmark.jpg
©

|





OPS/images/logo.jpg
, frontiers
in Pharmacology





