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Volumetric microscopic imaging data acquired at high speeds is often needed in studies of soft matter. Several microscopy techniques exist for this purpose, but a relative newcomer is light sheet fluorescence microscopy (LSFM). This microscopy method has seen spectacular growth in the biological sciences over the past two decades. In this perspective, we highlight how LSFM may also apply to the field of soft matter. We review the principles and recent advances of LSFM and discuss how it has been used in prior soft matter studies. We demonstrate how a recent implementation of LSFM can be used to study capillary wave fluctuations and droplet coalescence in a colloidal fluid system.
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INTRODUCTION
Light sheet fluorescence microscopy (LSFM) has attracted a significant and growing user base, chiefly among life scientists. This is due to LSFM’s ability to acquire optically sectioned images with economical use of excitation light. Though the development of light sheet microscopy can be traced back to the early 20th century, work in the early 21st century brought about a remarkable rise in the popularity of LSFM. Notably, in 2004, Jan Huisken and others in the lab of Ernst H. K. Stelzer demonstrated LSFM’s utility in imaging developing embryos over days without apparent photodamage [1]. In the years since, numerous LSFM designs have been published which push the technique’s capabilities in a range of directions from increased spatiotemporal resolution to aberration correction. Applications for these various LSFM designs have primarily been in the biological sciences. However, in this article we highlight work in the field of soft matter that has employed LSFM, describe recent advances in LSFM that may draw more scientists investigating nonliving materials into LSFM’s user base, and describe results using LSFM on colloidal samples in our own lab.
There are a multitude of LSFM configurations, but the demonstrations of the technique that initiated its renaissance over the last two decades [1–3] and a configuration which remains common today employ two orthogonally placed objective lenses with the sample at the common focal point. One objective lens, termed the excitation or illumination objective, focuses laser light to a thin sheet on the sample. The other objective lens, termed the imaging or detection objective, is aligned with its focal plane coincident with this sheet of excitation light. Optically sectioned images can then be captured at the frame rate of the camera, just like widefield methods and in contrast to the typically slower point scanning methods. For three-dimensional (3D) imaging, image stacks can be acquired by either translating the sample through the light sheet or by sweeping the light sheet in sync with translation of the imaging objective’s focal plane with, e.g., a scanning mirror and a piezoelectric stage. A key feature of this technique which fuels its appeal particularly among developmental biologists is its “gentleness.” [4] By confining the excitation light to the focal plane, photons are not wasted on (and not harming) regions of the sample not being imaged.
Over the last few years innovative LSFM designs have expanded the range of applications where the technique excels far beyond just the imaging of living whole organisms. This has been achieved by allowing for more flexibility in sample mounting procedures, increasing the 3D image stack acquisition speed, and improving the spatial resolution. While some of these advances in LSFM are difficult to replicate without considerable optical engineering knowhow, an increasing number of LSFM configurations are commercially available. Furthermore, multiple open access platforms and guides exist for researchers interested in constructing their own LSFM out of mostly off-the-shelf components [5–8].
While the vast majority of work in the field of LSFM focuses on the life sciences, we believe that the technique holds great potential for soft matter researchers and material scientists. Of course, the low phototoxicity and photobleaching that LSFM offers is less important to those studying nonliving materials. When dealing with colloids and emulsions rather than living cells and embryos, one does not have to be so frugal with photons. Nevertheless, the spatiotemporal resolution and data throughput rates achievable with LSFM make it competitive with the workhouse optical sectioning technique in many soft matter labs, the laser scanning confocal microscope. In fact, looking at the history of confocal microscopy’s usage in materials science and soft matter suggests that we may be coming upon an echo in time from a quarter of a century ago. In 1997, M. H. Chestnut wrote that confocal microscopy “has taken the world of cell biology by storm in the past decade, yet it remains infrequently applied to colloidal systems.” [9] The same could be said of LSFM today. We believe LSFM may follow a parallel trajectory to that of confocal microscopy, with increasing usage in soft matter labs after impressive demonstrations in biology labs.
In this Perspective article, we briefly describe recent developments in LSFM with attention paid to those applicable to soft matter research. We discuss how LSFM has been applied to soft matter research and highlight recent work from our own lab. In this short Perspective, we do not attempt to comprehensively review the field of LSFM nor document the history of its development, but we note several excellent review articles for the interested reader. [10–16]
Recent Developments in Light Sheet Microscopy
The number of LSFM configurations has grown remarkably over the last few years. Many recent designs take the latest concepts and methods from the larger optical microscopy field and apply them to the light-sheet modality. For example, adaptive optics for aberration correction [17, 18], fast movement of the focal plane with electrically tunable lenses [19], single-molecule localization microscopy [20], structured illumination [21], and multiphoton excitation [22] have all been used to improve the speed and/or spatial resolution of LSFM. Since many of these advances can apply to multiple microscopy modalities, not uniquely LSFM, we will not go into the details of their implementation and use. Instead, we will highlight the more LSFM-specific advances. These tend to focus on one of two major concerns: the shape of the excitation light sheet and the way samples must be mounted for imaging.
The ideal shape of the sheet of excitation light is thin, providing a high degree of optical sectioning and improved axial resolution, over a wide lateral extent, providing a large field of view. However, thinness of the sheet and its uniformity over a large field of view are conflicting demands. With a high numerical aperture (NA) illumination objective, one can achieve a thin light sheet. But there will be a limited lateral distance (i.e., distance along the excitation light’s propagation direction) over which the light sheet thickness can be approximated as uniform. This is often characterized with the Rayleigh length which defines the distance over which the excitation sheet’s thickness changes by a factor of [image: image]. For example, J. C. M. Gebhardt et al. in the lab of Sunney Xie performed single-molecule imaging in live cells using LSFM with a light sheet thickness of ∼1 µm and a Rayleigh length of ∼11 µm [23]. Interested not in single cells but whole embryos, the aforementioned pioneering work of Huisken et al. used a light sheet thickness of ∼7 µm and a Rayleigh length of ∼660 µm [1].
A common and straightforward approach to generating an illumination sheet is to use a cylindrical lens in the excitation path. To achieve uniform light sheet illumination even in the presence of scattering or absorbing sample features, this light sheet can be pivoted back and forth within the detection objective’s focal plane or two light sheets impinging on the sample from opposite directions can be used [24]. Another approach is to scan a thin pencil beam which averages out over time to a sheet, a method termed digital scanned laser light sheet fluorescence microscopy (DSLM) [25]. A further means of creating a very thin uniform light sheet over an extended field of view is to sweep the sheet in the same direction as that of the illumination light propagation, a technique that’s been called axially swept light sheet microscopy. [26–29]
While Gaussian beams are the most common in LSFM, the use of propagation-invariant beams like Bessel or Airy beams have been used to achieve a high degree of optical sectioning over an extended field of view. Scanning Bessel beams to create light sheets 0.5 µm thick, Planchon et al. in the lab of Eric Betzig achieved isotropic resolution of ∼0.3 µm [30]. Spatial and temporal resolutions were pushed further in work from the same lab using the coherent superposition of Bessel beams to create an optical lattice [31]. In keeping with the open access nature of much of the LSFM method development, Aakhte et al. released an open-source toolbox for shaping the excitation light sheet, allowing one to set the excitation pattern for optimizing, e.g., resolution, field of view, or penetration depth. [32]
A hurdle to more widespread LSFM adoption has been the requirements for sample mounting. For common LSFM configurations, like that shown in Figure 1A, the sample is often loaded in a thin capillary tube (by using tubing of fluorinated ethylene-propylene, the walls may be close to the refractive index of an aqueous sample) or, especially for live whole organism imaging, embedded in a cylinder of agarose or other gel. The sample can then be placed in the common focus of both the imaging and excitation objective lenses and moved with a motorized stage. While this mounting approach does provide exceptional optical access to the sample since rotating and translating the mounted sample can provide views from multiple perspectives, it prevents the use of popular sample preparations involving glass slides, petri dishes, multi-well plates or planar microfluidic devices.
[image: Figure 1]FIGURE 1 | Various LSFM configurations are shown. (A) Two orthogonal objective lenses surround the sample contained in either a capillary tube or cylinder of gel. (B) An iSPIM system uses two objective lens that meet the flat-bottomed sample holder at 45°. This configuration is ideal for imaging into an open petri dish. (C) Open-top LSFM configurations image across a planar sample holder from below, similar to an inverted microscope. Since imaging is done across a titled interface, a water prism is used to minimize aberrations. (D) In oblique plane microscopy, the sheet of excitation light leaves the primary objective lens, O1, at an angle β relative to the front of the lens. Fluorescence emission is collected by O1. The second objective lens, O2, demagnifies the image and the third objective lens, O3, images the titled plane on the camera. TL1, TL2, and TL3: tube lenses. SL1 and SL2: scan lenses. GM: galvo mirror. DM: dichroic mirror. In our setup, O1 is a 40 × 1.15NA water immersion lens (Olympus); O2, 40 × 0.95NA lens (Olympus); O3, 50 × 0.75NA lens (Mitutoyo). (E) A close-up of O1 with a sample is shown. We use this OPM system to image a colloid-polymer system which phase separates into coexisting colloid-rich (liquid) and colloid-poor (gas) phases. We observe droplets coalesce with the bulk liquid phase as well as fluctuations of the planar liquid-gas interface.
However, over the last several years, multiple innovative designs have allowed LSFM to be used with more standard sample preparation protocols. In 2011, Wu et al. described an inverted selective plane illumination microscope (iSPIM), [33] so called since a module containing two perpendicular objective lenses could be mounted onto the illumination pillar of a standard inverted microscope frame (see Figure 1B). This system allows samples in petri dishes or similar geometries to be imaged. Taking the two objective lenses and moving them underneath the sample holder has resulted in multiple configurations referred to as open-top SPIM (see Figure 1C). Since imaging across a glass plate at a 45° angle will result in considerable aberrations, these open top setups use triangular prisms [34, 35], solid immersion lens [36, 37], and/or adaptive optics. [38, 39] These configurations allow the imaging of samples mounted between a glass slide and coverslip, in multi-well plates, or in microfluidic devices.
While the open-top LSFM configurations allow more standard sample preparations to be used, the fact that two objective lenses must surround the sample prohibits bulkier, high NA lenses from being used. However, recent LSFM designs have emerged which enable the use of high NA lenses with standard sample mountings. Instrumental to the development of many of these designs was the 2008 work of Chris Dunsby. [40] Dunsby described a way to illuminate the sample with a thin sheet of light and capture the emitted fluorescence with the same high NA objective lens (see Figures 1D,E). This class of LSFM is known as oblique plane microscopy (OPM). OPM relies on sending a beam of excitation light through the objective lens such that it exits the front surface of the lens at a steep angle, reminiscent of total internal reflection microscopy and similar to an approach known as highly inclined and laminated optical sheet (HILO) microscopy. [41] One then must image this tilted plane on a camera. Tilting the camera itself would result in large aberrations, but by using the principles of remote refocusing developed by Botcherby et al. [42], Dunsby used downstream optics to de-magnify the image and then re-magnify a tilted plane. In early implementations of OPM, 3D image stacks were obtained by either translating the sample stage or the second objective lens (the one which de-magnifies the image and labeled as O2 in Figure 1D). [43–45]
A stunning advance came in 2015 with the work of M. B. Bouchard and others in the lab of Elizabeth Hillman [46]. Their OPM implementation, termed swept confocally-aligned planar excitation (SCAPE) microscopy, used, similar to Dunsby’s design, a set of three objective lenses to collect light from the sample, de-magnify the image plane, and then re-magnify a tilted plane conjugate to the tilted sheet of excitation light. However, to achieve fast volumetric imaging rates, Bouchard et al. used a scanning mirror to sweep the excitation light across the sample and to de-scan the emitted light such that the image plane captured by the camera moved synchronously with the light sheet. A following paper by the same group described an improved SCAPE 2.0 which was used to image at high speeds and/or large fields of view (e.g., images at 100 volumes per second were recorded with 640 × 148 pixel frames and 127 slices per volume with an optical resolution of approximately 1.2, 0.6, and 1.6 µm in the three spatial dimensions) [47]. Subsequent microscopy designs which follow up on the work of Dunsby and Bouchard et al. have either demonstrated large field of view imaging or pushed the spatial resolution with high NA objectives. [7, 47–52] Of particular note are a few implementations which help to image samples with refractive index variations or absorbing regions. Designs by Yang et al. [53] and Sparks et al. [51] provide multiple views of the sample by illuminating and imaging a pair of nearly orthogonal planes (i.e., sending the excitation light sheet (and imaging plane) not just out from the left side of the objective lens at an angle of β as shown in Figure 1D, but also out from the right side of the objective at an angle of -β). Other implementations employ two-photon imaging for optically penetrating samples deeper than single-photon methods allow. [54, 55]
These latest LSFM designs cited in the previous paragraph are collectively referred to as single-objective light sheet (SOLS) methods. Although they often use three objective lenses, only one objective lens is positioned near the sample, similar to more conventional microscopy methods and distinct from the two objectives needed to surround the sample in most previous LSFMs. As these SOLS systems retain advantages of earlier LSFM designs, such as gentle optical sectioning and image acquisition rates limited by the camera, but allow for samples mounted in glass slides or similar planar configurations and are compatible with high NA lenses, it is likely they will find a wider range of applications. Importantly, we think these SOLS systems will generate new discoveries in soft matter and materials science.
LSFM FOR SOFT MATTER RESEARCH
While recent microscopy designs make a transition from widefield or confocal fluorescence microscopy to LSFM more straightforward, there have already been multiple studies employing earlier LSFM designs for soft matter systems. It is important to note that the use of laser light sheet imaging has long been used to study the packing and flow of granular media and non-Brownian particles. These studies typically investigate millimeter-scale particles in refractive index matched solutions. [56] While our focus in this article is on microscopic imaging, prior work on granular matter has much to offer those employing light sheet illumination on any scale, micro or macro. For example, Salili et al. have explored methods for combating striping artifacts, demonstrated with a sample of millimeter sized PMMA spheres in an index matched solution. [57] Such striping artifacts are problematic in light sheet imaging at both the microscopic [58] and macroscopic scales. Huang et al. used a clever light-sheet method to image a granular packing of 7 mm spheres across a flat interface at 45° using a liquid-filled prism [59], a technique also applied to microscopic light sheet imaging. [34]
Soft matter research using light sheet imaging on the microscopic scale include the work of Loftus et al. in the lab of R. Parthasarathy. In that work, a LSFM of the variety depicted in Figure 1A was used to measure the contours of a thermally fluctuating vesicle. [60] Optically sectioned images acquired at 60 to 100 frames per second allowed the authors to track edges of vesicles with a precision of approximately 10 nm and to determine vesicle bending rigidities. Again studying vesicles, Jahl and Parthasarathy measured the hydrodynamic drag of phospholipid vesicles by tracking their motion using LSFM. [61]
Other works have used LSFM to measure the diffusive dynamics of colloidal particles. Ritter et al. demonstrated how LSFM provides improved contrast over wide-field microscopy and fast imaging rates for single-particle tracking applications. [62] They tracked quantum dots diffusing in a 3D environment using a 2 µm thick light sheet and 243 frames per second imaging. Their system’s lateral and axial optical resolutions were approximately 350 nm and 1.1 µm, respectively. More recently, LSFM has been used to measure the subdiffusive dynamics of micron-sized particles in crowded polymer networks. [63]
These soft matter studies cited in the previous two paragraphs which have utilized LSFM[60–63] have all done so using Gaussian excitation beams. We are not aware of work in the field of soft matter which has used non-Gaussian beams or structured illumination with LSFM as mentioned in the previous section. However, the use of such light-sheet-shaping methods may be of interest to those looking to push the limits of their optical resolution.
We are not aware of any published work using SOLS microscopes for soft matter research. However, in our own lab we have recently constructed such a setup roughly following the designs presented by Yang et al. [49] and Millet-Sikking and York. [7] We used three objective lenses with a 40× water immersion 1.15 NA as our primary (O1) lens (see Figure 1D). With our downstream optics imaging a tilted plane onto our camera, the effective NA of our system is about 0.8. The laser light sheet is generated with a series of cylindrical lenses before focusing at a galvanometer scanning mirror (Thorlabs, GVS011) placed conjugate to the back focal planes of both O1 and O2. By scanning this galvo mirror, the excitation light sheet will sweep across the sample and the plane imaged onto the camera (Thorlabs, CS2100M-USB) by O3 will move in sync with the light sheet. This is one of most notable advantages of such SOLS systems. Volumetric imaging is achieved solely by scanning a mirror; the sample stage and all lenses remain static. As the sample stage and objective lenses all have much greater inertia than the scanning mirror, one can quickly acquire image stacks. Furthermore, there is no mechanical perturbation of the sample during image stack acquisition, a concern when using an immersion objective lens which physically contacts the sample.
We use our SOLS system to image a colloid-polymer mixture and measure capillary wave dynamics and droplet coalescence (Figure 2). Similar studies have been conducted by Aarts et al. using confocal microscopy. [64] The benefit of using LSFM is that we can acquire optically sectioned images of the liquid-gas interface at rates limited only by the camera speed. Such an image is shown in Figure 2A, where we observe the interface between colloid-rich and colloid-poor fluid phases. These coexisting fluids phases emerge after mixing fluorescently labeled poly(N-isopropylacrylamide) (pNIPAM) microgel colloidal particles (∼330 nm in diameter) with xanthan which acts as a depletant. This colloid-polymer mixture is loaded into a chamber made of a glass slide and coverslip and allowed to sit undisturbed for several hours so that a colloid-rich layer develops on the coverslip surface. It is important to note that this image shows a plane aligned with the excitation light sheet as depicted in Figures 1D,E where, in our case, the angle β is 35°. After recording a time series of such images, we find the location of the interface (marked by the cyan line in Figure 2A) to determine the height of the interface as a function of position and time, [image: image]. We then compute height-height correlation functions (Figure 2B) as done in Ref. 64 which yield a capillary length of ∼20 µm and a capillary time of ∼200 s.
[image: Figure 2]FIGURE 2 | (A) Using the OPM setup shown in Figures 1D,E we measure thermally fluctuating capillary waves in a phase separated colloid-polymer mixture. This mixture consists of ∼330-nm-diameter fluorescent poly(N-isopropylacrylamide) microgel particles and xanthan, as described in our early work [73]. Scale bar is 20 µm. (B) After tracking the liquid-gas interface over a lateral distance of 78 µm for 700 s, we compute the height-height correlation function, [image: image], and fit it to the capillary wave model as described in Ref. 64. We find a capillary length of approximately 20 µm and a capillary time of approximately 200 s. (C) Images at four different times of a colloid-rich liquid droplet merging with a bulk liquid phase. Images are from volumes acquired at a rate of 1 Hz as described in the main text. Scale bar is 20 µm. (D) From the images of the droplet coalescing, we find the neck width as a function of time. From the slope of this curve, we find that the neck grows at approximately 0.3 μm/s.
Furthermore, we can acquire volumetric image stacks quickly by sweeping the light sheet and image plane across the sample using the galvo mirror. We can observe the process of colloid-rich droplets coalescing with the bulk colloid-rich phase by recording volumes of about 70 × 78 × 71 μm3 at a rate of 1 Hz. For each volume, we record 30 slices. From this four-dimensional data set, we find the width of the neck that forms between the falling droplet and the bulk phase (yellow arrows indicate this neck in Figure 2C). We find an approximately linear relationship between this neck width and time which yields a capillary velocity of ∼0.3 μm/s (Figure 2D). These capillary dynamics are slow in comparison to many systems of interest to soft matter researchers. However, with a high-speed camera or more limited field of view, faster dynamics could easily be studied. SOLS systems are well suited for fast image acquisition, as previously mentioned, given the fact that images are acquired at the camera frame rate and that the image plane is swept across the sample using a galvo mirror, rather than moving a bulkier optical component.
While such studies of capillary wave dynamics have been conducted previously using confocal microscopy, we hope the results in Figure 2 demonstrate that similar work can be done with LSFM, which has a number of strengths as we have described in this Perspective. We also note that the LSFM we have used (Figure 1D) was assembled from the off-the-shelf parts at a fraction of what a commercial confocal microscope would have cost.
CONCLUSION AND OUTLOOK
The rise of LSFM in biology has been dramatic this century. Due to its ability to gently optically section specimen at high speeds and its growing popularity in biology research, it was declared Method of the Year by Nature Methods in 2014. [65] Developments in LSFM technology since that time have pushed the spatiotemporal resolution and allowed for a broader range of sample preparations to be used. The advent of SOLS microscopes is likely to broaden light sheet’s reach even more and fuel future discoveries. In Nature Methods in 2021, Senior Editor Rita Strack wrote that SOLS will “further propel light sheet microscopy into the mainstream.” [66]
While granular matter physicists have long used light sheet illumination to image into thick 3D samples, those studying particles and droplets that are orders of magnitude smaller have been relatively less disposed to use LSFM. In this article, we have noted a few of the instances where LSFM was used to investigate soft matter and we end by echoing a sentiment expressed in one of those works. In their article on measuring membrane bending moduli with LSFM, Loftus et al. wrote that LSFM’s “utility for nonliving systems has been remarkably unrealized, however, and we look forward to its further applications to dynamic interfaces and soft materials.”[60]
We believe that LSFM is still underutilized in the study of nonliving systems. But the recent innovations we have covered here are likely to change that. LSFM gives one the ability to optically section samples with the speed of widefield image acquisition. While confocal microscopes using multipoint or resonant scanning can rival LSFM’s speed and spatial resolution and while confocal microscopy’s less economical use of photons is not such a grave issue for nonliving systems as it is for living ones, there are still multiple reasons that soft matter researchers might pursue LSFM. LSFM can be the more affordable option in a lab with sufficient optical engineering knowhow. And multiple do-it-yourself (DIY) guides to LSFM construction exist for those with less optics experience. [5–8] Additionally, if one takes the DIY approach, as so many in the LSFM community do, then one can construct a microscope specifically suited to a given experiment. This is often done in the granular matter community where light sheet setups are built around containers where samples are sheared or otherwise perturbed. [67–70] Finally, since many LSFM designs leave the sample quite accessible, one may have an easier time coupling this type of microscopy to other instruments such as rheometers, optical or magnetic tweezers, or microfluidics. As examples, Taormina et al. combine a light sheet of the geometry shown in Figure 1A with magnetic tweezers to measure the viscoelasticity of mucus [71] and Jiang et al. built a custom LSFM for work with droplet-based microfluidics. [72]
We look forward to future work using LSFM to probe nonliving materials and other systems of interest to soft matter researchers. We note that far more LSFM configurations exist than we had space to describe here and encourage interested readers to discover those in the more thorough review articles we have cited.
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