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Synthetic biomimetic prototissues with reduced complexity can facilitate the

understanding of intricate biological processes, by allowing the role of specific

physical or chemical mechanisms to be isolated. The aim of the present work is

to provide a rheological description of vesicle prototissues as a biomimetic

model for the flow of cellular tissues, which can be relevant for the mechanical

comprehension of embryogenesis or tumor metastasis. Prototissue were

obtained by the controlled assembly of Giant Unilamellar Vesicles (GUVs)

mediated by the biotin-streptavidin pair, using a simple assembly protocol.

Prototissues were mechanically probed in a “pipette-aspiration” inspired

microfluidic chip, under controlled pressure conditions. A viscoelastic flow

behavior was obtained which was well captured by a generalized Kelvin-Voigt

fluid model, with inferred rheological parameters that did not show a significant

dependence on the GUV-GUV adhesion strength. In addition, the flow of the

vesicle prototissues exhibited a strain-stiffening behavior. Complementary flow

velocimetry analysis revealed a decrease of prototissue effective permeability

with the applied pressure, and enabled to identify vesicle spatial reorganizations

taking place within the prototissue. Overall, our microfluidic setup makes

possible the simultaneous characterization of the biomimetic prototissue at

two different length scales, global and local, bridging the viscoelastic response

of the overall prototissue with its structural changes between an ensemble of

vesicles.
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1 Introduction

Tissue flows take place in embryogenesis, tumor metastasis or wound healing. In

gastrulation (an early stage of embryogenesis), living cells are able to collectively migrate

and reshape extensively in an orchestrated fashion leading to morphologically distinct

tissue domains [22, 36]. Alternatively, during metastasis, multicellular aggregates of

circulating tumor cells (CTC clusters) can spread through the blood flow, squeezing

through micron-sized blood vessels and disseminate the primary tumor to healthy organs

[26]. Living tissues are thus constantly subjected to mechanical stresses, which can be cell-

generated or result from the interaction with the surrounding environment [49]. The

rheological properties of tissues determine the way they mechanically respond to such

mechanical stimuli. The flows of living tissues are particularly complex, as intricate
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mechanical and chemical signal transduction processes are at

play together with genetic regulation. In order to diminish their

degree of complexity, reconstituted multicellular aggregates or

cell monolayers have been employed as model living tissues [25].

In particular, in-vitro experiments of such models, performed in

well-defined flow geometries and controlled-stress conditions,

have enabled gaining insight into the rheological properties of

tissues.

Mechanical properties of cellular aggregates have been

reported in the literature using complementary experimental

techniques. Mechanical tests in compression mode were

performed by means of parallel plates [27, 46] or magnetic

force tensiometers [47, 48] enabling to measure, from the

aggregate shape relaxation, their surface tension and viscosity.

Micropipette aspiration, which has been employed over decades

in the literature to measure the mechanical properties of

individual cells of several types (e.g. red blood cells [21] or

fibroblasts [61]), has also been efficiently used to probe the

rheology of multi-cellular aggregates [32, 35]. For example,

micropipette aspiration experiments revealed a viscoelastic

flow response of 3D murin-sarcoma-cell aggregates when

subjected to an externally applied pressure difference [33, 34].

The aggregate deformation displayed fast elastic advancement at

short times and a viscous phase at longer times, which could be

modeled by a modified Maxwell model. This technique was also

employed to test in vitro the rheological properties of Xenopus

embryonic layers [37]. Mesoderm (constituted of soft and motile

cells) displayed both a lower viscosity and elastic modulus

compared to ectoderm (constituted of immotile cells with

higher cortical stiffness and cell-cell adhesion), making

noticeable the link between mechanical properties at cell and

tissue scales. Alternatively, aspiration experiments have been

recently performed in microfluidic confinement coupled to

simultaneous microscopy imaging [64]. Microfluidics enables

to easily change the dimensions of the channels as well as the flow

geometry [59]. The authors determined the local viscoelastic

properties of mouse-embryonic-cell aggregates, which were

attributed to shape changes of individual cells and to cell-cell

rearrangements.

In order to isolate solely the role of mechanics and

disregard all active processes still occurring in cell

aggregates, more reductionist model systems have been

conceived, which we describe shortly in the following. Soap

foams and adhesive emulsions, despite being inert, have been

shown to be capable of reproducing some of the essential

mechanical and morphological features of living tissues, as

first reported by D’Arcy Thomson [31]. The millifluidic flow of

2D-soap foams has been extensively studied in the literature for

contraction and Stokes flows [10, 16, 17]. Their rheological

response could be captured by a visco-elasto-plastic (VEP)

constitutive equation, which accounted for bubble

deformation and 2D dynamic bubble rearrangements

(T1 events). Adhesive oil-in-water emulsions, obtained with

the introduction of non-specific (depletion-interaction) or

specific adhesion sites, were probed in 2D microfluidic

contraction flows. The authors reported a competition

between droplet deformation and droplet rearrangements

under flow [29, 30]. As the degree of adhesion was

increased, droplet deformation was favored while

rearrangements were hindered.

In this communication we will study the microfluidic flow of

giant unilamellar vesicle (GUVs) prototissues as a model for

cellular tissues. GUVs are constituted by a lipidic bilayer, which

reproduces essential mechanical properties of living cells, but

disregard any activity or complex signaling processes. In

addition, cell cortex which confers elasticity [28] and provides

an effective surface tension to cells [66], is absent in vesicles.

GUVs are soft objects, with a membrane that can easily bend by

thermal noise (with a bending modulus of about tenths of kBT

and an equilibrium tension of vesicles of the order of ~ 10−6

N m−1) [24, 67]. Hence, vesicle prototissues represent a unique

biomimetic system of intermediate complexity, halfway between

cell aggregates (featured as living cell model tissues) and surface-

tension-driven materials (such as emulsions or foams). We

recently implemented the conception of a biomimetic vesicle

prototissue by the controlled assembly of GUVs mediated by the

biotin-streptavidin pair, using a simple self-assembly protocol

[8]. By changing the concentration of ligands (biotin on GUVs

membranes and streptavidin in solution) or the total number of

vesicles in solution we were able to selectively tune the adhesion

between vesicles, the size of the designed prototissues (sizes

ranging from several up to 104 vesicles) as well as their

morphology (2D monolayers vs 3D aggregates). We propose

in this communication to characterize the rheological behavior of

vesicle prototissues, as a biomimetic model for the study of the

rheology of living tissues. Since synthetic prototissues permit to

tune systematically and independently different physical

properties (such as size, morphology or adhesiveness), their

individual role in the rheological signature of the prototissue

can be probed.

The possibility to selectively change the properties of vesicle

prototissues also makes them suitable models for the study of

clogging events. The flow of particulate suspension through a

bottleneck may lead to its obstruction, when the size of the

constriction is smaller or comparable to the particle diameter

[14]. The size, shape and deformability of the individual particles

strongly determine the chances for plug formation or plug

removal [11, 14, 41]. This can be relevant in numerous

medical or physiological situations involving flows at the

microscopic scale. For example, injectable therapeutic protein

solutions can assemble into aggregates of irregular shapes and

sizes by blocking the needles during injection [18], and blood

capillaries can be blocked by red blood cells or CTC clusters

displaying anomalous rigidities or adhesive properties [4, 42, 57].

The microfluidic flow of individual GUVs has been

extensively studied over the last decades, both theoretically
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and experimentally, partly with the goal of modelling the flow of

red blood cells (RBC). Due to the high deformability of their

membranes it exists a complex interplay between GUVs (or

RBCs) and the external shear flow, leading to different flow

regimes (tank-treading, vs tumbling or swinging) [2, 45, 67].

Microfluidics has been also used to probe the mechanical

properties of GUVs, for instance by using optical tweezers or

microfluidic aspiration [19, 68]. Although this literature is vast,

the microfluidic flow of vesicle prototissues remains, to the best

of our knowledge, still unexplored. In this work we present the

first set of rheological experiments performed in microfluidic

aspiration of vesicle prototissues, which allows us to get insight

into their rheological properties and clogging capabilities. Using

a microfluidic constriction of controlled size and by imposing a

ramp of increasing aspiration pressures, we are capable of

identifying the prototissue size range leading to partial

clogging of the channel. In this regime, we measure the

advancement of the prototissues inside the constriction in

time and derive its elastic modulus, viscosity and relaxation

times. This global description is complemented by a

velocimetry analysis which allows us to detect structural

reorganizations taking place at a local scale and enables to

estimate the porosity of the prototissue in the clogging regime.

2 Materials and methods

2.1 Vesicles prototissue assembly

The prototissues used in this study were obtained by the

controlled assembly of biotinylated lipid based Giant

Unilamellar Vesicles (GUV) using Streptavidin (SA), a

tetrameric bonding protein [8]. GUVs were synthesized by

electroformation in a dedicated chamber consisting of two ITO

glass slides (SigmaAldrich, 636916) facing each other with a 1 mm

PDMS spacer. The slides were coated with 25 μl of the working

lipid mix and left under vacuum for 90 min to evaporate the

solvent. The mix was a 9:1 chloroform/methanol solution

containing Egg-PC (SigmaAldrich, P3556), DSPE-PEG (2000)-

Biotin (Avanti Polar Lipids, 880129P) at 2% and 4% molar

fractions, and NBD-PE (Avanti Polar Lipids, 810144, green

marker, λex = 460 nm, λem = 535 nm) at 1% molar fraction.

After evaporation of the solvent, the chamber was mounted

and filled with about 1 ml of filtered sucrose solution

(SigmaAldrich, 616916) in Milli-Q water at 308mOsm.

Osmolarity was measured with an osmometer (Gonotec,

OSMOMAT 3000) and adjusted with Milli-Q water. The

chamber was then connected to a function generator applying

an alternative tension between the two slides. The tension was

gradually increased from 0.2V to 1.2 V at 10 Hz for 2 h 15 min

and finally decreased to 1 V at 4 Hz for 30 min to detach the

vesicles from the slides. The electroformed vesicles were stored in a

plastic tube at 4°C for a maximum of one week. The concentration

of the vesicle suspension was quantified using microscopy and

image analysis [8] and adjusted to work at a reference value of

(1.5 ± 0.2) × 103 GUV μl−1, before every assembly experiment.

To assemble the vesicles into 3D aggregates (prototissues), we

first concentrated the GUV suspension in order to increase the

contact between the neighbouring GUVs, following the

concentration method described in [8]. Next, the necessary

amount of the Texas Red Streptavidin conjugate (Fisher

Scientific, 100338002) was added to the vesicle solution to

promote vesicle-vesicle bonding. For all vesicle prototissues we

used a fixed ratio, X = 3, where X = nSA/nbiotin is the ratio of the

number of molecules of Streptavidin in solution (nSA) to the total

number of biotin molecules present on the outer leaflet of vesicle

membranes (nbiotin) [8]. To keep GUVs in close contact with each

other and favour the Biotin-Streptavidin bonding, the incubation

step was carried out under centrifugation at 8 g for 2 h. The

adhesion degree of the resulting prototissues was quantified by

measuring the contact angle between adjacent outlying GUVs.

For 2% and 4%-biotin prototissues we obtained typical values of

θ = (37 ± 14)° and θ = (59 ± 9)°, respectively. An example is shown

in Figure 1A for both levels of adhesion. We will refer

to them as 2% and 4%-biotin prototissues in the following

sections.

2.2 Microfluidic aspiration assay

2.2.1 Overview of the experiment
In order to study the mechanical properties of the

synthesized vesicle prototissues, we developed a rheological

set-up achieving tissue deformation in a microfluidic channel

with a constriction (Figure 1B). Vesicle prototissues were

introduced into the microfluidic chip by filling a pipette cone

plugged onto the channel inlet with a buffer solution

containing several prototissues. For sedimentation

considerations, the buffer used in the microfluidic chip

was a glucose solution at 315 mOsm. A negative pressure

was applied to bring the prototissues, one by one, close to the

channel constriction, so that they were visible within the field

of view. When a prototissue was in the vicinity of the

constriction, a sequence of increasing pressure steps was

applied to generate the aspiration flow, and the advancement

of the front of the prototissue inside the constriction (noted

lc) was monitored using fluorescence microscopy. The

monitoring was stopped when the prototissue exited the

constriction. Each prototissue was subjected to only one

aspiration sequence. A series of aspiration sequences were

performed one after another, each with a different vesicle

prototissue, to probe a sufficient number of them. The typical

time for the aspiration assay was about two hours. In the S.I.,

we provide a video with an example of a prototissue being

subjected to an aspiration sequence in the microfluidic

channel.
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2.2.2 Microfluidic apparatus
The microfluidic geometry consisted of a 200 µm wide

channel leading to a (50 ± 2)µm or (100 ± 5)µm wide

constriction. The decrease in width followed an angle of 45°

to avoid strong re-circulation zones at the edges. The constriction

was 200 µm long and was considered small compared to the total

channel length (4 mm). All channels had a height of (50 ± 7 µm)

(Figure 1C). Microchannels were fabricated by standard soft-

lithography microfabrication techniques [59]. We mold the

devices using polydimethylsiloxane (PDMS) and sealed it with

a glass microscope slide using plasma bonding. Prior to all

aspiration experiments, the channels were functionalized with

a β-casein solution to reduce wall friction [39].

The flow inside the chip was generated by a pressure

difference. A height-adjustable water column was connected

to the outlet of the microfluidic chip to provide a positive

pressure difference. In addition, the water column was

connected to a pressure controller (Fluigent, MFCS-EZ)

providing a negative pressure (with a resolution of 2 Pa).

With the use of tracking micro-beads (Invitrogen, Molecular

Probes), both the height of the water column and the pressure

controller offset were adjusted to immobilize the beads inside the

channel and thus to set the pressure to zero before starting any

aspiration experiment. During the experiment, the pressure

controller was programmed to generate a pressure stepped

sequence using Fluigent’s Oxygen interface. In most of the

described experiments, steps of 4 Pa where applied during 9 s

from 0 Pa to 50 Pa. Occasionally, the pressure increments were

set to 16 Pa to be able to reach pressures as high as 150 Pa. The

applied pressure was measured using a pressure sensor

(Honeywell, HSCDRRN001NDAA5) with a resolution of

0.5 Pa to double check the value provided by the pressure

controller. Images were then captured at 30 fps with a CMOS

camera (Hamamatsu, C13440 ORCA flash 4.0). Figure 1D shows

FIGURE 1
Microfluidic aspiration setup for prototissue rheology experiments. (A) Example of obtained prototissues after GUV assembly. Two different
compositions were used: 2% and 4%- biotin vesicles with a SA-to-biotin ratio of X = 3. They led to two different adhesion degrees, quantified by the
contact angle θ between outer neighbouring GUVs as shown in the inset. Scale bar is 50 µm. (B) Microfluidic apparatus comprising an aspiration
system, the microfluidic chip and the microscopy acquisition device. The prototissues were injected through the pipette cone (reservoir) in the
right inlet of the microchannel and aspirated to the constriction where a 20x objective was used for fluorescence acquisition. (C) Sketch of the
microfluidic chip used in the experiment (not to scale). The flow was created from right to left. (D) Example of image monitoring of the aspiration of
prototissue in the microfluidic constriction with a series of pressure increasing steps. lc,1 and lc,2 are the contact lengths between the prototissue and
the lateral constriction walls measured for each frame. The acquisition rate was 30 fps and simultaneous pressure measurements were performed.
Scale bar 100 µm.
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an aspiration sequence (top) with the corresponding fluorescence

images represented as a time lapse (bottom) for several steps in

pressure. Note that the pressure sequence contained an initial

negative kick (not visible in the top graph of Figure 1D, but

visible in Figure 3A) used to ensure correct image-pressure

synchronization. We will describe in the following the

acquisition and analysis methods developed for the aspiration

experiment.

2.3 Flow visualization and image analysis

2.3.1 Image acquisition
Phase contrast and fluorescence images were obtained using

an inverted microscope (Leica, DMIRB) with a 20×

magnification air objective (NA = 0.4). Fluorescence excitation

was made using a white LED lamp (CoolLED, pE-300) coupled to

fluorescence filters during a 15 ms exposure time. All images

were captured at mid-height of the microfluidic constriction.The

trigger out signal of the camera and the tension output of the

pressure sensor were recorded at 1 kHz using a LabView virtual

instrument through a Input/Output acquisition card (National

Instruments, NI-USB 6210) which enabled to assign the

corresponding pressure value to each individual frame.

2.3.2 Image analysis
2.3.2.1 Aggregate deformation

Fluorescence images of the vesicle prototissues obtained

during the microfluidic aspiration assays were analysed using

Ilastik’s pixel classification workflow [6]. The classifier was

trained to identify the zones occupied by the prototissue

(distinguishing this zones from the other parts of the channel

or from the channel walls). Segmented images were then

analyzed using a Matlab homemade routine to extract the

contact length (lc) defined as the front of the prototissue in

contact with the lateral constriction walls.The two values, noted

lc,1 and lc,2 in Figure 1D for each wall, were averaged to get lc �
lc,1+lc,2

2 and saved for each frame with the corresponding pressure.

2.3.2.2 Particle Image Velocimetry

In order to compute the velocity field of the prototissue and

of the buffer inside the microchannel, the fluorescence of the

vesicle membranes (provided by the fluorescent streptavidin

molecules) or of the seeding particles present in the buffer

was analyzed using PIVLab [60]. PIVlab performs Particle

Image Velocimetry based on a multipass Fast Fourier

Transform window deformation algorithm. The algorithm was

run on contiguous interrogation windows covering the entire

frame. The interrogation zones were squared and between 32 px

and 128 px wide with a 50% overlap. To improve spatial

accuracy, the algorithm was run over 2 to 3 passes with

decreasing zone sizes (50%). The computed velocity field was

filtered by applying global velocity and local standard deviation

filters in order to eliminate outliers. The filtered vectors were

eventually interpolated using a boundary value solver.

Divergence and vorticity fields were computed after the

velocity field based on finite differences. The obtained vector

fields were then coupled to the segmentation masks obtained

with Ilastik allowing us to discriminate between the vectors

corresponding to the prototissue and the buffer flow.

3 Results and discussion

3.1 Constriction clogging and escape
pressure

We first assessed the clogging behaviour of vesicle aggregates

through the microfluidic channel constriction. In aspiration

experiments, aggregates penetrated inside the constriction as

the pressure was increased. The escape pressure (ΔPesc) was

defined as the pressure necessary for the aggregate to exit the

constriction (bottom image in Figure 2A). Aggregates of different

sizes were probed. Note that most aggregates were confined in the

vertical direction, as the mean diameter of the aggregates was

typically larger than the channel height. Thus, the aggregate size

was measured by fitting its 2D-projected area with an ellipse (top

image in Figure 2A). This method enabled to smooth out contour

irregularities and to take into account the global shape of the

aggregate, which was well suited for our 2D analysis. In most

cases, the applied flow inside the channel oriented the aggregates

along the axis of the constriction. Thus, the minor axis of the

ellipse was the effective cross section limiting the passage of the

aggregate inside the constriction. Consequently, the length of the

minor axis of the fitted ellipse was taken as the relevant aggregate

size, wAggr. It was rescaled by the width of the constriction, wc,

and noted w*.

Figure 2B shows the plot of ΔPesc versus the re-scaled

aggregate size, w*. The data were obtained for two degrees of

adhesion (2% and 4% biotin, with X = 3). Additionally, we used

two different constriction widths (50 µm and 100 µm) to test

various combinations of w*. w* ≃ 1 corresponds to probed

aggregates with sizes comparable to the constriction width.

Clogging events for this typical sizes were scarce since

aggregates flowed easily through the constriction. Thus,

pressure values necessary to evacuate the aggregates from the

constriction were small, ranging from ΔPesc = 2 Pa to 6 Pa. The

figure shows that as the aggregate size increases, 1 ≤ w* ≤ 2, the

pressure values increases and they become more scattered

(ranging from ΔPesc ≃2 Pa to 25 Pa). A threshold occurs for

w* ≃ 2 (with ΔPesc ≤ 40 Pa) above which the scatter is even more

visible. Aggregates above this size got trapped by the constriction

and required larger pressures to escape, up to 120 Pa. Moreover,

changing the biotin content (shown in gray and black symbols in

the figure), which accounts for different levels of GUV-GUV

adhesion, did not significantly impact the behaviour of the escape
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pressure. Finally, note that in some occasions the aggregates

approached the constriction with a slight tilt angle with respect to

the flow direction (with a median value of ≃10° for all aspirated
aggregates) and could thus change the effective cross section (an

example is shown in the top panel in Figure 2A). However, taking

into account this angle correction in the calculation of the

aggregate cross-section did not significantly modify the overall

behavior observed in Figure 2B nor the value of the threshold

obtained at w* ≃ 2.

Clogging studies performed in the literature with protein

aggregates in microfluidic confinement also revealed the

importance of the size ratio between the aggregates and the

constriction. The authors reported values of the size ratio for

clogging and release around 1 to 3 [18], in the same range as

those obtained here for vesicle prototissues. However, the

pressure applied to achieve aggregate escape was one to three

orders of magnitude higher that in our case. They also

highlighted the importance of the protein aggregate

deformability in the clogging process. Likewise, microfluidic

experiments performed using model PDMS soft objects with

controlled shapes showed a link between both the shape and the

internal structure of the objects probed with their deformation

capabilities in clogging dynamics [11]. Even if we can state from

our results that the size of vesicle aggregates represents a key

parameter for clogging and for the value of the escape pressure,

an important scatter is visible in Figure 2B. This scatter could be

partially explained by a variability in vesicle aggregates

deformability and shape. On the one hand, spatial

heterogeneity of vesicle-vesicle adhesion levels within the

prototissues or vesicle polydispersity in size within each

aggregate might lead to different levels of prototissue

compaction (as discussed later in Section 3.2.3). On the other

hand, irregularities in the shape of the aggregate contours might

lead to different aggregate deformability. Thus, remarkably

different flows and clogging responses can take place, even for

aggregates displaying comparable sizes.

3.2 Prototissue viscoelastic response at
the global scale

In this section, we characterize the rheological behaviour of

aggregates with sizes at least two times larger than the channel

constriction (w* ≳ 2). Due to their important sizes, we will refer

to these aggregates in the following sections as vesicle

prototissues. As discussed in Section 3.1, these aggregates were

large enough to clog the microfluidic constriction and thus

remained stuck in the constriction for several pressure steps,

allowing us to quantify their rheological properties.

3.2.1 Creep tests
Figure 3A shows an example of an aspiration sequence (blue

curve) with several steps of increasing pressure. Each

aspiration sequence is constituted of several creep tests (a

step of constant pressure is applied) and their corresponding

relaxation tests (the pressure is set back to zero). Each

pressure step was analyzed separately and the

corresponding contact length, lc, (defined in Figure 1D

FIGURE 2
Clogging behaviour of vesicle aggregates in the constriction. (A) Top: example of a vesicle aggregate entering the channel constriction. The
aggregate size was set as the minor axis of the fitted ellipse (red). Bottom: example of an aggregate at the moment at which it exits the constriction.
(B) Escape pressure as a function of the normalized aggregate size (w* = wAggr/wc). Squares and triangles correspond to 2% and 4%-biotin
aggregates, respectively. Black and gray colors refer to experiments performed in constrictions of width 50µm and 100 µm respectively. The
maximum value of w* is given by the ratio of the channel and the constriction widths. These values are indicated in the figure with dashed vertical
lines. Error bars correspond to the standard deviation of the imposed pressure (upper bar) and to the step of the applied pressure (lower bar).
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and shown in orange in Figure 3A was used to evaluate the

deformation (strain) γ of the prototissue in time as:

γ t( ) � lc t( ) − lc t0( )
wc

,

where lc (t0) was the initial value for each pressure step. The

deformation was made dimensionless by the normalization to the

width of the constriction, wc. Figure 3B and C show the strain

curves for both the creep and relaxation phases, obtained from

Figure 3A.

Qualitatively, the strain curve shows an initial fast

exponential increase (or decrease) when the pressure is

applied (or set back to zero). This transient behavior is

followed by a slower regime for which the strain increases

linearly in time. This behaviour is characteristic of viscoelastic

materials, which display an elastically dominated response at

short times and a viscous one at longer times. One can also

observe in the strain curve the occurrence of some

discontinuities in the slope of the final steady state, that we

call γ-jumps. These γ-jumps could be correlated with internal

reorganizations of GUVs within the prototissue, therefore

causing internal structural changes. In the following, the

fitting of the data with a rheological model will be limited to

the data points prior to these γ-jumps. They will nonetheless be

discussed later in Section 3.3.2.

3.2.2 Generalized Kelvin-Voigt fluid model
Several models have been used in the literature to describe the

viscoelastic behaviour of cell tissues or cell aggregates. Most of

these models are phenomenological and are obtained by the

association of storage and dissipation elements [27, 33]. A

theoretical framework was introduced by Tlili et al. [63]

which describes the tissue rheology by the addition of an

intra-cell contribution and an inter-cell counterpart. The

intra-cellular term can be modelled by a Kelvin-Voigt solid

model to account for cells individual elasticity and viscosity.

The inter-cellular part can be instead modelled by a dissipative

dashpot to account for cell-cell rearrangements, which leads to an

FIGURE 3
Example of an aspiration experiment and its data treatment. The probed prototissue was obtainedwith the assembly of 2%-biotin GUVs and had
a size of w*~2.1. (A) Applied aspiration sequence consisting of several pressure steps (ΔPasp, shown in blue) and the corresponding evolution of the
contact length, lc (orange). The pressure sequence starts with a kick with negative pressure to ensure that the temporal correspondence between the
pressure signal and the image acquisition was correct. After each positive (aspiration) step, a small negative pressure of 2 Pa was applied over
1.5 s to insure a complete relaxation of the prototissue before each pressure step was applied. (B) Time aligned strain curves γ(t) for each pressure
step during the creep phases. The dashed lines show the best fit to the model (Eq. 2). The inset shows the diagram corresponding to the generalized
Kelvin-Voigt fluid model. (C) Time aligned strain curves γ(t) after each pressure step during the relaxation phases. The dashed lines show the fitted
model following Eq. 3. In (B) and (C), colors correspond to different pressure values.
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irreversible deformation (characteristic of liquid materials).

Further elements can be added to take into account additional

flow features such as plasticity (with the addition of a yielding

term) or to account for active processes of living systems such cell

division or apoptosis. The specific number of elements contained

in the model (mainly springs and dash-pots) and their

arrangement (association in series or parallel) depends on the

specific biological system under study [63].

In this work, the strain curves obtained were fitted using a

generalized Kelvin-Voigt fluid model. The model takes into

account the association of a Kelvin-Voigt body with an extra

dash-pot connected in series, as shown in the diagram of the inset

of Figure 3B. The model comprises three elements (one spring

and two dash-pots), which is the minimum number of elements

necessary to reproduce the experimental trends obtained in the

aspiration experiments (as described in the following). According

to the framework proposed by Tlili et al. [63], the modified

Kelvin-Voigt model includes an intra-GUV term and an inter-

GUV one. The intra-GUV contribution is represented by the

Kelvin-Voigt body, which contains an elastic and a dissipative

term accounting for the elasticity and viscosity of GUV

membranes. The intra-vesicle counterpart is modelled by a

dissipative dashpot in series and encompasses the dissipation

due to spatiotemporal reorganization of GUVs within the

prototissue. Note that this model is equivalent to the Jeffrey

model – which is in turn a generalized Maxwell model – which

considers the association of a Maxwell fluid in parallel with an

additional viscous dash-pot. The model is linear and includes the

time derivative of _γ as shown in its constitutive equation:

€γ + G

η1
_γ � 1

η1
+ 1
η2

( ) _σ + G

η1η2
σ. (1)

The viscosities of the two dash-pots are noted η1 and η2 and

the elastic modulus of the spring, G. σ stands for the shear stress.

The generalized Kelvin-Voigt model enables a more

straightforward physical interpretation of each individual

element in creep tests, as compared to the generalized

Maxwell model. The spring of the Kelvin-Voigt body accounts

for the elastic response at short times; the dash-pot in series

provides the viscous response at long times. The vesicle

prototissue did not display any instantaneous elastic response

in the aspiration experiments; we can thus refer to the elasticity

provided by the elastic spring as a retarded elasticity. The solution

of the constitutive equation for a creep test reads [13, 44]:

γ t( ) � γ0 1 − e− t−t0( )/λ1( ) + _γ∞ t − t0( ), (2)

where γ0 and _γ∞ are the intercept at t − t0 = 0 and the slope of the

steady state phase, respectively. t0 is the initial time of the creep

test for which the applied pressure goes from 0 to ΔPasp. And λ1 is
the retardation time, that qualitatively sets the transition between

the fast elastic response and the slow viscous regime. The same

approach was followed for the relaxation phase, for which the

pressure was set to zero. The solution reads [13, 44]:

γ t( ) � γie
− t−t0( )/λ1 + γ∞. (3)

Here, γi is the initial strain, λ1 is the retardation time and γ∞ the

unrecoverable strain, indicative of liquid-like behaviour. Eqs. 2

and 3 were fitted to the experimental curves obtained for both the

creep and relaxation phases with satisfactory goodness (R2 ≥ 0.95

in Figure 3B,C, dashed gray lines). The fitting parameters

obtained were used to compute the rheological parameters of

the model.

It is worth noting that the constriction geometry used in this

study creates an heterogeneous flow, with a shear and an

extensional contribution (their relative contribution is spatially

dependent with an extensional term that increases close to the

constriction entry) [7, 51]. Flows with mixed kinematics are

necessary to be able to discriminate between different rheological

models in complex fluids, as shown for example for the visco-

elasto-plastic flow of soap foams [9]. The rheological parameters

that we derive hereafter are, thus, effective quantities. They do not

correspond to a pure shear or extensional solicitation but to a

combination of both. The effective elastic modulus (G) is related

to the intercept and to the applied pressure as G ~ΔPasp/γ0 [13,
44]. And the effective viscosity (η2) is determined from the slope

at the steady regime and the applied pressure as η2 ~ ΔPasp/ _γ∞
[13, 44].

Figure 4A shows the plot of the effective elastic modulus G

versus ΔPasp derived from the data in Figure 3. We obtain values

ranging from 30 Pa to 80 Pa. The vesicles constituting the

prototissues are under tension due to GUV-GUV adhesion.

Membrane fluctuations are thus damped, resulting in a very

weak contribution of the bending mode to the elastic

deformation of the vesicles [19]. The stretching mode would

mainly account for the elastic deformation of vesicles

constituting the prototissues, observed under flow. Note that

we cannot exclude the formation of pore formation on GUV

membranes which can participate to their mechanical response

[15, 40, 53–56]. Prototissues could be depicted as a complex

network of individual vesicles under tension, arranged in series

and/or in parallel, with an effective elastic modulus resulting

from a superposition of their mechanical responses and GUV-

GUV adhesion. The range of values obtained for the vesicle

prototissue can be compared with the elastic modulus of cell

aggregates that has been determined in the literature using

similar microfluidic flow geometries or the micropipette

aspiration technique. For different cell types (cancer or

embryonic cells), the elastic modulus of cell aggregates was

estimated between ~100 Pa and 1000 Pa [33, 37, 64]. These

values are considerably larger than the ones obtained here for

vesicle prototissues, partly due to the presence of the cell acto-

myosin cortex.
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The values of the effective viscosity η2 are plotted in

Figure 4B. They range from 1×103 Pa s to 4×103 Pa s. These

values were obtained with the assumption that the β-casein

functionalization of the microfluidic chip greatly reduced the

adhesion between the prototissue and the channel walls, so

that the viscous dissipation within the prototissue was

dominant [32, 39]. The viscosity of cellular aggregates was

also evaluated in the literature and the values ranged within

5×103 Pa s and 1×105 Pa s [33, 37, 64]. Cell-cell interactions

in a living cellular aggregate subjected to aspiration flows are

far more complex than in the case of GUV-GUV passive-

adhesion-based prototissues, as active mechano-sensing

mechanism are at play.

Both measurements of the fitted retardation time λ1, for the

creep and the relaxation phases, are represented in Figure 4C.

They fall within the range 0.1 s to 1 s. These values are similar to

the ones found in the literature for single GUVs subjected to

stretching with optical tweezers [68]. This characteristic time

describes the retardation time of the prototissue response after

the step in pressure, which is introduced by the Kelvin-Voigt

body in the model. According to the model Eqs. 2 and 3, the

transients of the creep and relaxation phase should provide

comparable values of the retardation times. Nonetheless, we

observe in Figure 4C slightly larger values for the relaxation

phase. The small disparity may be related to the occurrence of

irreversible internal reorganizations of GUVs in the creep phases

that could no longer relax when the aspiration pressure was

released and that could explain a slow down of the dynamics in

the relaxation phases [46].

The rheological parameters derived from the fitting

parameters of Eq. 2 can be used to compute two

complementary rheological parameters, λ2 and η1. Figure 4D

shows the plot of these derived quantities vs ΔPasp. The relaxation
time is obtained as λ2 = η2/G. This additional characteristic time

is one to two orders of magnitude larger than the first retardation

time (λ1), which was obtained directly from the fit. While the

retardation time (λ1) is indicative of the short timescale for which

the elastic behavior is dominant, λ2 describes the response at long

time scales for which viscous dissipation dominates. The latter

could thus be associated to inter-GUV dynamics such as GUV

reorganization within the prototissue. Alternatively, an

additional viscosity can also be derived as η1 = λ1G. Values

are comprised between 10 Pa s and 40 Pa s, two to four orders of

magnitude lower than the viscosity η2. In the model, this

corresponds to the viscosity of the Kelvin-Voigt element.

While η2 was related to the viscosity at the scale of the overall

prototissue participating at long time scales, this significantly

smaller viscosity η1 would account for the viscosity provided by

GUVs and taking part at short time scales. As a comparison,

typical values obtained in the literature for GUVs membranes are

of the order of ~Pa s [23, 43].

The values obtained for the rheological properties, as well as

the number of independent rheological descriptors is, of course,

model dependent. We have used here a generalized Kelvin-Voigt

FIGURE 4
Rheological parameters of a 2%-biotin prototissue deduced from the generalized Kelvin-Voigt fluid model and their evolution with the steps in
aspiration pressure, ΔPasp. (A) Effective elastic modulus, G (B) Effective viscosity, η2. (C) Retardation times, λ1, for the creep and relaxation phases (full
and empty symbols respectively). (D) Relaxation time, λ2, defined as the ratio η2/G and viscosity η1 defined as λ1G. Error bars were obtained by
propagating the errors obtained over the fitting procedure.
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model describing a viscoelastic fluid-like behavior, with three

independent rheological parameters (G, η2, λ1). Similar or more

complex rheological viscoelastic models can be found in the

literature to reproduce the flow behavior of living systems. For

example, the rheological behavior of murin sarcoma cell

aggregates, performed in pipette aspiration, was modeled with

a modified Maxwell model with two spring constants and two

dash-pots [33]. This model is slightly more complex than the one

we introduce in Eq. 1, as it takes into account four independent

parameters, instead of three. However, it can be simplified by

considering the second spring with an infinite elastic constant. In

such conditions, the 3-parameter model we propose here is

recovered. Living cells have an active cortex, which can

participate with a very fast elastic response at short times and

can be represented by the additional spring body, that we do not

observe in our vesicle prototissues.

Finally, in aspiration experiments, a pressure loss is

experienced if the blockage of the channel by the prototissue

is not complete due to geometrical constraints and due to the

permeable structure of the prototissue, which leads to the

presence of an interstitial flow (as it will be described in detail

in Section 3.3.1). This implies that the true pressure in the

channel constriction is thus smaller than the applied pressure

(ΔPasp) [18]. Note however that the pressure drop computed

from the ratio of the flow velocities of the buffer in the

constriction with and without the prototissue is small, about

1%, and will thus be neglected in the following. A significant

difference could introduce a correction in the calculation of the

rheological properties (elastic modulus and viscosity η2), for

which we used ΔPasp. Nevertheless, since the viscosity of the

prototissue (obtained values range from 102 to 104 Pa s) is several

orders of magnitude larger than the buffer viscosity (ηbuffer ≃
10−3 Pa s), the aspiration force exerted on the aggregate as a shear

stress from the interstitial fluid, due to its permeable structure,

would still be negligible [35]. In-situ measurement within the

microfluidic channel between the entry and exit of the

constriction would enable to determine experimentally the

value of this true pressure. Interestingly, its monitoring in real

time could also be informative about any structural or

mechanical changes occurring within the prototissue, as

already used for example to detect the transient passage of

soft objects inside a channel [1, 69].

3.2.3 Variability in the prototissue rheological
response

In order to evaluate the variability of the rheological values of

the vesicle prototissues, we performed aspiration experiments

and applied the framework developed in the previous Section

3.2.1 to numerous prototissues of different sizes and degrees of

internal adhesion. The prototissues tested had sizes comprised

within 1.8 ≤ w* ≤ 3.1 and were composed of 2 or 4%-biotin

GUVs. Figure 5 shows the effective rheological parameters

obtained for nine different prototissues (green squares

correspond to the values shown in Figure 4). We focus here

on the elastic modulus G (5A), the viscosity η2 (5B), and the

characteristic times λ1 (5C) and λ2 (5D). 2% and 4%-biotin

prototissues are represented with squared and triangular

symbols, respectively. Globally, no clear trend emerges from

the plots of Figure 5 to discriminate between the two degrees

of adhesion used or between the different sizes of the

prototissues. The elastic modulus spreads over a decade with

values ranging approximately from 10 Pa to 100 Pa. The viscosity

covers two decades from ≃ 102 to ≃ 104 Pa s. The retardation time

λ1 varies from ≃ 0.1 to ≃1 s whereas the relaxation time (λ2) is

comprised between ≃ 10 and ≃ 103s. All plots on Figure 5 show an

important sample variability. For instance, prototissues with the

same adhesion degree (4% biotin) and size (w* = 1.8, dark green

and turquoise triangles) show different values of G (≃10 Pa and
50 Pa, respectively). Likewise, 2%-biotin samples (with

comparable sizes w* = 2.5, 2.6, red and black squares) can

also display different G values, ≃25 Pa and 45 Pa, respectively.

Concomitantly, viscosity values for the aforementionned

examples are in the same range for 4%-biotin prototissues, at

about η2 ≃ 103 Pa s, but differ by almost 1 decade for the 2%-

biotin prototissues. The values obtained for the retardation time

λ1 displays a slightly lower scatter, with all values contained

within one decade. Unsurprisingly, λ2 displays a larger scatter as

it is a derived quantity obtained from G and η2. Besides, by

comparing prototissues with different adhesion degrees but with

similar sizes (e.g. light green squares with brown triangles), we see

that they do not show a significant difference in the prototissue

rheological response. In conclusion, even though significant

differences in the vesicle outer contact angle are visible for 2%

and 4%-biotin prototissues at rest (as shown in Figure 1A), these

two levels of adhesion may result in a too small difference of

adhesion to be detected in the rheological signature of the

prototissues.

The variability observed for prototissues with comparable

adhesion and sizes could find explanation in different sources.

First, prototissues prepared using the same biotin content may

still display slight variations in the degrees of adhesion due to

possible variations in their content in Streptavidin (SA). The

vesicle assembly protocol relies on diffusion processes that

can create heterogeneities in the distribution of SA and

eventually lead to a variability in the degree of internal

adhesion for different prototissues. The assembly protocol

may also lead to spatial heterogeneities in adhesion within a

given prototissue which may also generate differences in the

flow behavior. Second, the GUVs used were synthesized via

electroformation, a process allowing a high yield but

providing a wide size distribution. This polydispersity of

the vesicles constituting the prototissues may also be

involved in the observed variability of the results. It has

been shown that the microscopic structure of soft object

participates to its deformability properties [11]. Thus, GUV

polydispersity, which might lead to substantially different
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GUV-GUV spatial configuration within the prototissue,

could impact its rheological response.

Despite the visible variability, global trends can be identified

for the modulus and viscosity as a function of the applied

pressure (no clear trends are visible for the retardation and

relaxation times). The two black lines, solid and dashed,

shown in the figure represent guides to the eye with slopes

1 and 0, respectively. Specifically, for the elastic modulus the

curves display a tendency to increase with the applied pressure,

with slopes comprised roughly between zero and one. This

behaviour seems independent of the biotin composition. This

increase in the modulus would imply a stiffening of vesicle

prototissues under pressure. A stiffening behavior has been

reported in the literature for individual cells, which is

provided by the mechanical properties of their cytoskeleton

network [28]. On the other hand, in adhesive oil-in-water

emulsions the stiffening behavior appears as a consequence of

an enhanced droplet-droplet adhesion [29]. For the case of

vesicle prototissues, stiffening may also be originated by a

change on the spatial arrangement of vesicles. In particular,

an increase of prototissue cohesiveness may probably lead to a

less deformable prototissue, and thus to a stiffer response at short

time scales. A general increase is also observed for the viscosity

(η2) for increasing applied pressures, with a slope also comprised

roughly between zero and one. This would correspond to a shear-

thickening behavior of vesicle prototissues. We have attributed

this viscosity in previous Section 3.2.1 to events taking place at

long time scales, such as rearrangements between vesicles. A

possible increase in cohesiveness as the applied pressure is

increased, as mentioned earlier, would be accompanied by a

decrease in the rate of vesicle rearrangements within the

prototissue, therefor leading to an increase of the viscosity at

the prototissue scale. In adhesive emulsions larger droplet-

droplet adhesion lead to a slow down of the dynamics of

droplet rearrangements [29, 30]. Similarly, an increase of cell-

cell adhesion in living tissues generated an increase of the energy

barrier to access to irreversible plastic events and thus a

consequent slowing down of the reorganization rate [46, 49].

Note however that for the case of vesicle prototissues we are not

able to detect any change in the rate of vesicle reorganizations in

the analysis performed in next Section 3.3.2. In the present

Section 3.2.1, we have addressed the flow behaviour at the

FIGURE 5
Rheological parameters obtained for different prototissues with different biotin compositions and sizes as a function of the applied steps in
pressure, ΔPasp. (A) Effective elastic modulus, G (B) Effective viscosity, η2. (C) Retardation time, λ1. (D) Relaxation time defined as the ratio λ2~ η2/G.
Error bars were obtained by propagating the errors obtained over the fitting procedure.
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scale of the overall prototissue (global scale). In the following

section, we will deepen the analysis to get an insight into a local

scale, i.e. of several vesicles.

3.3 Prototissue flow behaviour at the local
scale

In order to probe the flow response of the prototissues at the

local scale, we performed velocimetry analysis. Using the PIV

technique, we computed both the velocity fields of the prototissue

and of the buffer. In Section 3.3.1, the velocity field of the buffer is

used in particular to evaluate the permeability of the channel

plugged by the prototissue. In Section 3.3.2, we use the

velocimetric data to identify vesicle reorganizations.

3.3.1 Prototissue permeability
We measured the permeability of the prototissue with the

goal of determining its clogging properties in the microfluidic

constriction, and its evolution with the applied pressure. Besides,

permeability measurements can provide us additional

information on the inner structural properties of the

prototissue, as we will discuss later on. In Figure 6A we show

an example of the velocity field obtained in the channel

constriction both for the prototissue (red arrows) and the

outer buffer (black arrows). The velocity field of the buffer

was determined only in the channel region that was not

occupied by the prototissue. Both fields were essentially

invariant along the channel axis (x coordinate), far from the

prototissue edge. At the interface between the prototissue and the

buffer we observed a change in velocity, which is precisely a

consequence of the permeability of the prototissue that we want

to compute here. We restricted the velocimetry analysis to the

frames for which the prototissue flowwas in the steady regime (as

described in Section 3.2.1). In this regime, we could average in

time and improve the signal-to-noise ratio. In Figure 6B, we show

an example of the velocity profiles obtained for each applied

pressure after averaging both along the x coordinate and in time,

for one aspiration experiment. A Poiseuille-like profile is

obtained for the buffer. Due to the density of seeding particles

and the magnification used, spatial resolution was limited in the

vicinity of the channel walls, preventing us from evaluating the

non-slip condition at the channel boundaries (≈10 µm). The

velocity profile of the prototissue �vproto shows a plug-like shape

with typical values of the order of ≃1 µm s−1. Similar plug-like

velocity profiles have been reported in the literature for cell

aggregates flowing through microfluidic channels of comparable

size [32, 64]. It is visible from the figure that, during clogging of

the channel, the buffer flowed about six times faster than the

prototissue. This difference in velocity implies that the clogging

of the constriction by the prototissue was permeable. This is a

consequence of the interstitial space that exists between adjacent

vesicles forming the prototissue. Indeed, in some occasions, we

could observe the motion of seeding fluorescent beads sliding

through these internal voids during the aspiration. We should

precise that the measure of permeability includes, on top of the

contribution of the prototissue itself, a contribution due to the

voids that might exist between the prototissue and the

microfluidic channel, specially at the channel squared corners.

The permeability κ establishes the link between the applied

pressure ΔPasp and the measured velocity of a background liquid

(vbg) with a viscosity (η) flowing through a porous medium of a

given thickness (l) as,

κ � η
vbg

ΔPasp
l. (4)

For the case of the prototissue, we took η as the viscosity of the

buffer (ηb ≃1 mPa s). The background velocity was defined in our

case as the difference between the buffer velocity and the velocity

of the prototissue, �vbg � �vbuffer − �vproto, since the prototissue

acting as the porous medium was not at rest. Finally, we took

the contact length (lc) corresponding to the inserted part of the

prototissue inside the constriction (introduced in Section 2.2) as

the medium thickness. We could not take the size of the overall

prototissue in the calculation because, for large prototissues, the

field of view was not large enough to visualize them entirely.

Nevertheless, we assumed that lc prevails in the estimation of κ as

it corresponds to the squeezed part of the prototissue. Taking this

approximation into consideration we chose to plot the relative

permeability (instead of its absolute value) by comparing the

values obtained at each pressure step with respect to the value at

the first one κ* = κ/κ1.

In Figure 6C we show two examples obtained for κ* as a

function of the applied pressure for 4%-biotin prototissues. The

values obtained for κ using Eq.4 were of the order of 10−14 m2.We

should note this estimate corresponds to a lower limit, as these

values are likely to be higher by accounting for the entire size of

the prototissues. For the sake of comparison, similar

measurements were carried out on different systems such as

protein or cancer cell aggregates yielding values of the order of

10–13 to 10–11 m2, respectively [18, 32, 65]. In Figure 6C, we can

observe that the relative permeability κ* decreases monotonously

by approximately 50% between the first and the last pressure

steps, before the prototissues finally exited the constriction. A

decrease of the permeability was reported in the literature for

colloidal particles clogging amicro-channel [14]. This decrease in

the first stages of clogging was related to particles accumulating

in the pore and diminishing interstitial volume. Conversely, the

measurements of permeability of cellular aggregates revealed

increasing values with raising applied pressures, due to the

internal fracture of aggregates [65]. The two prototissues

corresponding to Figure 6C did not show fracture during the

aspiration. We interpret the decrease as a possible result of an

increase in prototissue compaction. Such increase could be

reversible or not, depending on whether it corresponds to

reorganisation of adhesion sites within the prototissue or just
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to deformable vesicles being pushed against each other thus

decreasing the interstitial volume. These hypothesis could be

corroborated in confocal imaging, for which the quantification of

the interstitial voids would be attainable, upstream and

downstream the constriction. This is out of the scope of the

present study.

Overall, this flow analysis performed at the local scale shows

that the evolution of the rheological parameters obtained at the

global scale, namely a strain-stiffening behavior (Figure 5 in

Section 3.2.3), can be correlated with the decrease of the

prototissue permeability observed for increasing applied

pressures, and be indicative of an increase of prototissue

compaction.

3.3.2 Detection of local reorganization events
In the global analysis performed in Section 3.2.1, we observed

discontinuities in the slope of the strain curve during aspiration

of the prototissues inside the microfluidic constriction, that we

named γ-jumps (Figure 3B and Figure 7A). We want to elucidate

whether we can attribute these γ-jumps to prototissue structural

changes occurring at the scale of individual vesicles, or a group of

vesicles. For this, we computed the vorticity and divergence fields

after the in-plane velocity field �v(x, y, t), obtained from the

velocimetry analysis, as �ω � �∇ × �v and ϕ � �∇ · �v, respectively.
We restricted this analysis to the velocity field of the prototissue

in the steady regime (and disregarded the buffer flow). In a fluid

flow, a peak in vorticity appears in recirculation zones in which

vortexes develop. On the other hand, the divergence field is

indicative of outward or inward flux within a given fluid volume

(or surface in a 2D representation), reflective of its

compressibility properties. In the flow of vesicle prototissues, a

peak in vorticity or divergence can reveal the existence of a

structural reorganization at the vesicle scale that would result in a

small recirculation or non zero-divergence zone in the velocity

field.

Figure 7A shows the strain curve corresponding to a

aspiration step (the entire aspiration sequence was constituted

of six steps). This curve contains a γ-jump at around 15.5 s from

the beginning of the experiment, and belongs to the steady flow

regime. Scatter plots of the divergence (ϕ) versus the vorticity

fields ( �ω) are represented in the insets for different times lapses.

In this 2D analysis the vorticity is restricted to the z direction, so

we will only represent ωz. In the scatter plots, we represent all the

points computed for the vorticity and divergence fields

corresponding to twenty consecutive frames (which

corresponds to a time interval of 0.66 s). During the fast

FIGURE 6
Particle image velocimetry (PIV) analysis performed in themicrofluidic constriction during the prototissue aspiration sequence. (A)Definition of
the region of interest for PIV analysis (175 µm×100 µm area). The colormap corresponds to the velocity magnitude. The red and black arrows show
the velocity vectors of the prototissue and the buffer respectively in different scales. (B) Velocity profile along the y axis (orthogonal to the flow
direction). The velocity profiles were averaged in time over the steady state regime and along the x axis (for both the prototissue and the buffer).
The colormap represents the corresponding pressure values. (C) Plot of the relative permeability κ* as a function of ΔPasp for prototissues with 4%-
biotin vesicles.
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elastic response (inset [i]), the scatter plot spreads as it

corresponds to the moment for which the whole prototissue

entered the constriction, leading to large velocity gradients in the

velocity field. The color code of the scatter plots indicates the

position along the flow axis (x coordinate). When reaching

rapidly the steady state (inset [ii]), the data points re-

concentrate around the origin (ωz, ϕ) = (0, 0), describing an

irrotational and incompressible flow. When a reorganization

event takes place within the prototissue, the divergence and

vorticity points become more scattered (inset [iii]). They re-

concentrate again around (ωz, ϕ) = (0, 0) (inset [iv]) once the

event is finished. The data points in the inset [iii] with large ϕ and

ωz show similar colors (red to orange color) which correspond to

a similar positions along the x coordinate (≃−75 μm),

corresponding to the location of the reorganization event. The

image in the figure shows the velocity field of the prototissue

corresponding to this event (inset [iii]), which is highlighted with

a blue circle.

Inspired by these observations, we propose a method capable

of automatically identifying, and spatially locating within the

channel, the occurrence of reorganization events taking place

within the tissue, based on the measure of the divergence and

vorticity fields. For this, we applied an arbitrary threshold on

both ωz and ϕ such that they verified
�������
ωz

2 + ϕ2
√

≥T, where T =

0.4 s−1. This value was set manually in order to keep only the

largest events in the scatter plot, corresponding to reorganization

events, and eliminate most of the outliers (which may appear at

the prototissue and channel edges). Besides, a filtering method

was applied between successive frames in order to keep only

events longer than at least two frames (and eliminate short

fluctuations taking place over a single frame). The events

consistent with these conditions were selected and mapped for

all frames belonging to the steady regime of an aspiration

step. The scatter plot in Figure 7B shows the spatial

localization of these events, obtained using this mapping

procedure, for the six aspiration steps (different colors

correspond to different pressure values). In some regions of

the map, we can observe an accumulation of data points

corresponding to the same pressure step (same color). These

regions may be attributed to large reorganization events taking

place over long time lapses. As an example, the blue-circled zone

corresponds to the reorganization event discussed in the context

of Figure 7A, for a pressure of 18.1 Pa (blue), lasting over

≈300 ms. In this representation divergence and vorticity peaks

still appear occasionally at the edges of the prototissue. Although

these points do not correspond to prototissue reorganizations,

FIGURE 7
Detection of reorganization events during the creep experiment. (A) The blue curve shows the contact length, lc, as function of time, during one
aspiration step. A γ-jump is visible on the curve at around 15.5 s. The graphs in the insets show the divergence, ϕ, versus the z-component of the
vorticity, ωz, as a scatter plot, for different moments of the aspiration before and after the occurrence of the γ-jump. The color code refers to the
position along the x axis (flow direction). The image in the inset shows the overlay of the fluorescence image with the vector representation of
the velocity field obtained with the PIV algorithm for the prototissue. (B) Localization of reorganization events obtained for the prototissue shown in
(A). Different colors correspond to the events obtained for different aspiration pressures. (C) Representation of the total number of events detected
for each aspiration step.
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they were not successfully filtered. A more accurate filtering

procedure should be developed in order to be able to eliminate

these artifacts from the representation.

From this analysis, we can assert that there exists a link

between the reorganization events causing the γ-jumps observed

in the strain curve and the peak in vorticity and divergence. This

observation allows us to highlight the relation between the global

scale of the prototissue with the local scale of several vesicles.

Note, however, that this relation could not be always verified,

partly due to experimental limitations of our experimental

device. In some occasions γ-jumps observed in the strain

signal found no correspondence with vesicle rearrangements

and vice versa. Microscopy imaging was performed only at a

given vertical position within the channel. Scanning microscopy

would be required to be able to track vesicle reorganizations

within all planes covering the entire depth of the prototissue.

Inversely, some prototissue reorganizations visualized between a

group of vesicles had no visible signature on the strain curve. We

presume that only reorganizations above a given magnitude were

susceptible to generate a measurable imprint on the strain signal.

Besides, we can follow the evolution of the number of

detected events as a function of the applied pressure, as

represented in Figure 7C with different colors. The number of

detected events varies from 7 to 12 in each aspiration phase.

Although the actual number of events is threshold dependent,

this plots informs about their evolution with the applied pressure.

Nevertheless, no clear trend is observed, implying that no

significant variation in the reorganization rate within the

prototissue seems to take place. As discussed earlier, it should

be noted that the analysis performed here is for now restricted to

epifluorescence images obtained for a given vertical plane of the

prototissue. The analysis developed here should be applied to

images obtained by scanning microscopy techniques, to be able

to capture the reorganization dynamics in 3D. Further work is

performed in our group in this direction.

Overall, we have proposed here a framework at a local scale,

based on PIV-velocimetry analysis, that appears as a useful tool

to quantify the impact of reorganization events taking place at the

scale of a few vesicles on the rheological response measured at the

scale of the entire prototissue. This image analysis method is well

suited to analyse the occurrence of reorganizations events in the

prototissue at the scale of several vesicles, as it can be applied to

epifluorescence images displaying important vesicle

polydispersity, not very sharp contours, and even variable

levels of fluorescence. This analysis is intended to reveal the

existence of local reorganizations, but it does not enable to

discern between reorganizations of different possible

topologies. Such reorganizations may correspond to in-plane

spatial rearrangements between adjacent vesicles or group of

vesicles. In particular, they could correspond to T1 events, for

which an exchange of neighbouring vesicles would take place.

Non-zero divergence could suggest the existence of out-of-plane

vesicle-vesicle reorganization. The method presented here is less

accurate than segmentation routines, specially developed for the

analysis of epithelial tissue images, which are capable of tracking

cell intercalation [20]. Note however that these type of images

require reduced cell polydispersity and sharp cell contours to be

treated.

4 Conclusions and perspectives

In this study, we have presented a rheological

characterization of vesicle prototissues based on a microfluidic

approach. Prototissues were aspirated in microfluidic chips

containing a constriction, and their flow response was monitored

in time usingfluorescencemicroscopy and particle image velocimetry.

This combination of means provided us information on both the

global scale (of the overall prototissue) and the local scale (of several

vesicles). We first determined the typical size for the prototissues

required to achieve clogging of the microfluidic channel, which

corresponded to approximately two times the size of the

constriction. In such clogging conditions we performed creep and

relaxation rheological tests, by applying increasing pressure steps, and

we measured the prototissue deformation. Prototissues displayed a

viscoelastic behaviour, which was well captured by amodified Kelvin-

Voigt fluid model with three independent parameters: elastic

modulus, viscosity and retardation time. The elastic modulus and

viscosity displayed amild strain-dependent behavior. Our flow results

did not reveal any significant distinction between the two levels of

GUV-GUVadhesionused for biotin concentration of theGUVs (with

2 or 4% biotin lipidic membranes), although morphological

differences were visible at rest. As shown in our previous work [8]

DNA driven assembly can provide larger ranges of GUV-GUV

adhesion strength. In further works, we aim to probe prototissues

with more severe differences in adhesion using DNA technology in

order to elucidate if they can lead to a measurable disparity in their

rheological behavior. The reported viscoelastic character of

synthesized prototissues is comparable to that observed for cellular

aggregates and tissues, which makes them a convenient biomimetic

tissue in the mechanical study of cell tissues. However, the typical

values obtained for the rheological parameters of vesicle prototissues

are considerably smaller in magnitude.

We have developed, in parallel, a local-scale description

based on a velocimetry analysis. By the determination of the

velocity profile of the prototissue and the buffer we determined

the permeability of system. A decrease in permeability was

reported for increasing applied pressures, which might be

attributed to an increase in the compaction of the prototissue.

This compaction variation could be at the origin of the non-

linear trends observed for the prototissue at the global scale.

Besides, the image analysis method developed enabled the

identification of reorganization events between several vesicles

and their localization within the microfluidic channel, which

could be linked, in turn, to the appearance of γ-jumps in the

rheological response at the global scale. However, the method we
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have proposed here does not enable, at the present stage, to

discriminate between different spatial topologies. The image

analysis should be further developed in order to be able to

determine and track the deformation of individual vesicles

under flow, based for example on segmentation and

tessellation methods [12, 29, 64].

The combination of the flow analysis across different length

scales provides a comprehensive description of the mechanical

properties of tissular systems [3, 49, 62]. Understanding the way

tissues respond to mechanical forces by reshaping and flowing

depending on their mechanical properties is crucial in complex

biological processes [50, 58]. As featuring examples, in

embryogenesis, in vitro experiments with Xenopus embryos

revealed different levels of viscosity and elastic modulus for

different tissues (ectoderm and mesoderm), and in vivo

experiments with Zebra fish showed different rheological

trends ranging from fluid to solid-like behaviors during the

vertebrate body axis elongation [49]. Alternatively, the

adhesive properties of cells have been shown to be crucial for

the circulation of tumoral CTC clusters through blood

capillaries [4].

Vesicle prototissues represent suitable biomimetic candidates

to model the mechanical response of multicellular structures, as

they reproduce essential viscoelastic features at different time

scales. Vesicle prototissues offer the possibility to selectively tune

their mechanical properties, such as their size, morphology or the

degree of GUV-GUV adhesion. Besides, the possibility to

characterize their flow behavior in microfluidic confinement

with well-defined flow geometries enables to systematically

test the role of such physical properties on the rheological

signature of the prototissues, by the determination of their

elastic modulus, viscosity, relaxation time and permeability.

Further complexification of the prototissues could be

implemented progressively, with the aim of enhancing the

resemblance with living tissues. In particular the encapsulation

of an artificial cytoskeleton inside GUVs [5, 15, 38, 52] would

presumably provide rheological parameters of the prototissues

closer to those reported for multicellular spheroids. And most of

all, the synthesis of active prototissues, which represents

nowadays a benchmark in the scientific community, would

enable to decipher the role of activity in the prototissue

rheological fingerprint. Overall, vesicle prototissues represent a

remarkable biomimetic model which can contribute in

developing a quantitative approach to deepen

the understanding of complex mechanics of multicellular

systems.
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