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Numerous cellular proteins are post-translationally modified by addition of a lipid group to their structure, which dynamically influences the proteome by increasing hydrophobicity of proteins often impacting protein conformation, localization, stability, and binding affinity. These lipid modifications include myristoylation and palmitoylation. Palmitoylation involves a 16-carbon saturated fatty acyl chain being covalently linked to a cysteine thiol through a thioester bond. Palmitoylation is unique within this group of modifications, as the addition of the palmitoyl group is reversible and enzyme driven, rapidly affecting protein targeting, stability and subcellular trafficking. The palmitoylation reaction is catalyzed by a large family of Asp-His-His-Cys (DHHCs) motif-containing palmitoyl acyltransferases, while the reverse reaction is catalyzed by acyl-protein thioesterases (APTs), that remove the acyl chain. Palmitoyl-CoA serves an important dual purpose as it is not only a key metabolite fueling energy metabolism, but is also a substrate for this PTM. In this review, we discuss protein palmitoylation in regulating substrate metabolism, focusing on membrane transport proteins and kinases that participate in substrate uptake into the cell. We then explore the palmitoylation of mitochondrial proteins and the palmitoylation regulatory enzymes, a less explored field for potential lipid metabolic regulation.
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1 INTRODUCTION
Protein lipidation dynamically governs many biological processes. The first published report of protein lipidation occurred in 1951 (Folch and Lees, 1951) and was later found to be regulated by enzymes that recognize lipids and their protein substrates. The chemical attachment of lipids to target proteins can be reversible or irreversible, and can affect protein function, structure, stability and localization. Both saturated and unsaturated lipids of varying chain length can attach to serine, cysteine, or lysine residues of proteins resulting in protein lipidation (Chen et al., 2018). Multiple lipid post-translational modifications have been identified including myristylation, farnesylation, gernaylgernaylation and S-palmitoylation [for full review see (Chamberlain and Shipston, 2015; Main and Fuller, 2022; Shang et al., 2022). Compared with other modifications, S-palmitoylation (referred to as palmitoylation) is distinguished by it being a readily reversible and dynamic reaction, and will be the focus of this review. Protein palmitoylation is a reversible post-translational lipid modification whereby a long chain fatty acid is covalently bound to a cysteine thiol through a thioester bond (Mitchell et al., 2006; Chamberlain and Shipston, 2015). The attachment of palmitate (C16:0) is the most common fatty acid present in palmitoylated proteins, although various other fatty acid moieties such as palmitoleate (C16:1), oleate (C18:1), and stearate (C18:0) can be used to a lesser extent (DeMar and Anderson, 1997; Muszbek et al., 1999; Liang et al., 2002). Due to the labile nature of thioester bonds, palmitoylated proteins can undergo cycles of palmitoylation and de-palmitoylation in response to extracellular stimuli, and have specific regulatory enzymes that influence these cycles. Compared to static lipid modifications, the unique reversibility of palmitoylation differentiates this PTM. In many cases, palmitoylation adds a hydrophobic membrane anchor, affecting membrane association (Kleuss and Krause, 2003). The reversible cycles of palmitoylation and depalmitoylation have been implicated in being a crucial component for protein trafficking between membrane compartments (Greaves et al., 2009; Jansen and Beaumelle, 2022). The timescale for these cycles ranges from seconds to hours (Rocks et al., 2010; Martin et al., 2012; Won and Martin, 2018).
Emerging evidence highlights palmitoylation as a potential regulator of cellular metabolism in various tissues. Plasma palmitate is imported into the cell across the plasma membrane, and once in the cytosol acyl-coA synthetase (ACS) catalyzes a thioester bond forming palmitoyl-CoA. Palmitoyl-CoA can also be synthesized endogenously from de novo lipogenesis from non-fatty acid precursors by fatty acid synthase (FASN). In addition to being a source of energy, palmitoyl-CoA is a biologically active signalling molecule that can regulate many physiological processes (Kerr et al., 2021). More specifically, through the attachment of palmitoyl-CoA derived from either exogenous FA uptake or from de novo FA synthesis (Qu et al., 2021), palmitoylation has been linked with substrate uptake into the cell through regulation of transport trafficking of specific membrane substrate transporters (Wang et al., 2019; Hao et al., 2020). More recently palmitoyl-CoA has been implicated in regulating various mitochondrial metabolic processes. This is of particular interest given that 95% of the total CoA pool is within the mitochondria (Idell-Wenger et al., 1978). Thus, palmitoylation sits at a key cross roads linking substrate supply of palmitoyl-CoA to regulation of substrate uptake and onwards metabolism via palmitoylation (Kim et al., 2019.; Qu et al., 2021). Therefore, this review will first discuss the role of palmitoylation in regulating glucose and lipid uptake across the plasma membrane through membrane transport proteins, which is an area of research that has received much attention of recent. We will then explore how palmitoylation is affecting mitochondrial metabolism, which represents a poorly understood mechanism of regulation.
2 REGULATORY PALMITOYLATION ENZYMES
Following the discovery of palmitoylation, understanding the mechanism by which palmitoyl-CoA is covalently attached to target proteins attracted great attention. An early report in 1996 observed that in the presence of palmitoyl-CoA, the G protein Giα1 was palmitoylated on Cys3, suggesting a spontaneous auto-palmitoylation mechanism-of-action relying on local palmitoyl-CoA concentrations (Duncan and Gilman, 1996; Smotrys and Linder, 2004). However, as physiological concentrations of palmitoyl-CoA are tightly regulated and following the initial discovery of regulated palmitoylation cycles (Wedegaertner and Bourne, 1994), pioneering studies in the early 2000s identified families of enzymes that regulate the palmitoylation reaction (Lobo et al., 2002; Roth et al., 2002, 2006).
2.1 DHHC palmitoyl transferases
Palmitoylation in mammals can be catalyzed by a family of 23 cysteine-rich zinc protein palmitoyltransferases (PATs) that are characterized by a conserved Asp-His-His-Cys (zDHHC) catalytic domain (Mitchell et al., 2006; Ohno et al., 2006). The zDHHC proteins have four to six transmembrane domains, and the conserved zDHHC cysteine-rich catalytic domain is located on the cytosolic face. It has been well established that the catalytic activity of zDHHCs is a two-step process involving palmitoyl-CoA. The first step involves auto-palmitoylation of the zDHHC enzymes, where the long chain acyl-CoA generates an acyl-enzyme intermediate. The fatty-acyl group is then transferred from the zDHHC to the target protein resulting in the palmitoylation of the target protein (Mitchell et al., 2010). Interestingly, zDHHCs display differing auto-palmitoylation capabilities and have different catalytic efficiencies (Iwanaga et al., 2009). An important feature of zDHHCs is their subcellular locations and tissue specificities. Many zDHHCs localize to the endomembrane compartments including the Golgi (e.g., zDHHC4, zDHHC8), endoplasmic reticulum (zDHHC1, zDHHC12) and plasma membrane (e.g., zDHHC5, zDHHC20), while others appear in multiple locations (Ohno et al., 2006; Rocks et al., 2010; Aicart-Ramos et al., 2011; De and Sadhukhan, 2018; Main and Fuller, 2022)]. Consequently, the differing subcellular locations of the DHHCs have been proposed to regulate varying, yet complimentary functions, and their synergistic efforts have recently been implicated in mediating protein trafficking between intracellular compartments (De and Sadhukhan, 2018; Wang et al., 2019).
While zDHHCs have been identified in various subcellular locations, there is a gap in our knowledge surrounding the presence of mitochondrial zDHHCs. As mentioned above, palmitoylation can occur enzymatically by zDHHCs or via spontaneous auto-palmitoylation (Duncan and Gilman, 1996; Veit et al., 1998; Bizzozero et al., 2001). Work by Kostiuk and others used a bio-orthogonal azido-palmitate probe to identify mitochondrial palmitoylated proteins in the mitochondrial matrix, and proposed that palmitoylation in this organelle may occur through non-enzymatic mechanisms (Kostiuk et al., 2008). While it still remains unknown if mitochondrial palmitoylation predominantly occurs enzymatically or non-enzymatically, zDHHC8 (Maynard et al., 2008) and zDHHC13 (Napoli et al., 2017; Shen et al., 2017) have been associated with mitochondrial processes. zDHHC13 deficient mice and knockdown cells displayed impaired mitochondrial function and abnormal lipid metabolism (Shen et al., 2017). Furthermore, loss of zDHHC13 from cortex and cerebellum in mice resulted in dysfunctional mitochondrial dynamics and altered metabolism through decreased Drp1 palmitoylation (Napoli et al., 2017). Although zDHHC8 and zDHHC13 modulate mitochondrial metabolic processes, the presence of zDHHCs within the mitochondria remains unclear. Interestingly, recent work by Pei and others identified zDHHC18 within the mitochondria in ovarian cancer cells (Pei et al., 2022). This is the first report to suggest zDHHCs are localized within the mitochondria and, as such, further investigations are warranted.
2.2 Depalmitoylating enzymes
As palmitoylation is well established as being a reversible process, the cleavage of palmitoyl-CoA from target proteins is imperative in maintaining the dynamic nature of the lipid PTM. Depalmitoylation occurs by enzymatic thioester bond hydrolysis by acyl thioesters (Long and Cravatt, 2011). Depalmitoylating enzymes in the α/β serine hydrolase family have been identified and localize mainly in the cytosol and lysosomes (Camp and Hofmann, 1993; Duncan and Gilman, 1998). The depalmitoylating enzymes include acyl protein thioesterase 1 (APT1/LYPLA1) (Duncan and Gilman, 1998), and acyl protein thioesterase 2 (APT2/LYPLA2) (Tomatis et al., 2010) palmitoyl-protein thiosterase 1 and 2 (PPT1, PPT2) (Camp and Hofmann, 1993; Soyombo and Hofmann, 1997) and α/β-hydrolase domain-containing proteins (ABHD) (Abrami et al., 2021). While little is known how depalmitoylating enzymes interact with membranes and subsequently catalyze the release of palmitoyl-CoA attached to target proteins, Abrami et al. (2021) recently described the mode of action of APT2. APT2 generates a weak membrane affinity via its β-tongue, and its membrane stabilization requires palmitoylation on Cys2 by zDHHC3 or zDHHC7 (Abrami et al., 2021). Upon finding a target protein located in the membrane, APT2 is able to extract the acyl chain into its hydrophobic pocket for hydrolysis (Abrami et al., 2021).
Similar to mitochondrial zDHHCs, less is known surrounding depalmitoylating enzymes associated with the mitochondria. Interestingly, APT1, which has historically been thought to only be cytosolic, has been identified in isolated mitochondria from humans and mice (Zhang et al., 2008.; Lefort et al., 2009). However, it was unknown whether APT1 was functionally active in hydrolyzing the thioester bonds of palmitoylated mitochondrial proteins. Using novel mitochondrial targeted S-deacylase probes (mitoDPPs) in live cells, Kathayat and others observed that the deacylase activity of APT1, but not APT2, was active in the mitochondria (Kathayat et al., 2018). Through immunostaining and subcellular fractionation experiments, they found that APT1 is primarily localized in the mitochondria (Kathayat et al., 2018), which is in contrast to previous reports using florescent protein tagging identifying APT1 trafficking mainly associated with the Golgi and plasma membrane (Kong et al., 2013; Vartak et al., 2014). It was also determined that APT1 activity was altered in response to mitochondrial lipid stress, revealing a potential regulatory mechanism of mitochondrial lipidation (Kathayat et al., 2018). While APT1 was observed in the mitochondria and contains depalmitoylase activity, the functional relevance of its presence remains unknown.
In addition to APT1, α/β hydrolase domain containing 10 (ABHD10), a related depalmitoylase from the serine hydrolyase family, was identified by proteomics to be located in the mitochondria (Li et al., 2010). This is in contrast to its other depalmitoylase family members ABHD17A, B and C, which are predicted to be located near the plasma membrane. ABHD10 has been implicated in regulating mitochondrial redox homeostasis through depalmitoylation (Cao et al., 2019). Knockdown of ABHD10 resulted in decreased cell viability and increased mitochondrial H2O2 levels under oxidative stress conditions (Cao et al., 2019). In contrast, ABDH10 overexpression improved cell viability and decreased H2O2 levels (Cao et al., 2019).
3 MEMBRANE SUBSTRATE TRANSPORT PROTEINS AS TARGETS FOR PALMITOYLATION
The first step of cellular metabolism begins with substrate uptake across the plasma membrane. The plasma membrane encases the cell and is part of the extensive endomembrane system that includes the endoplasmic reticulum (ER), the nuclear membrane and the Golgi apparatus. Substrate uptake across the plasma membrane is a highly regulated process and often involves concerted efforts between specific membrane receptors and transport proteins. Substrates are transported across the plasma membrane by protein-mediated uptake (Kerr et al., 2017), which confers the physiological benefit of tightly regulating the amount of substrate uptake into the cell in response to metabolic demands, allowing for greater homeostatic control.
In response to cellular signals, specific membrane substrate transport proteins can translocate from intracellular depots to the plasma membrane, and the regulation of their trafficking and membrane association has emerged as a key mechanism underpinning metabolic control. To date, it has been shown that membrane transport proteins are heavily modulated through post-translational mechanisms and the link between these modifications and membrane trafficking is receiving increased attention. More specifically, the PTM palmitoylation has been proposed as a mediator of metabolic control in various tissues due to the addition of the hydrophobic palmitate tail to the substrate transport protein increasing its affinity for the membrane. We have outlined below some of the key plasma membrane transport proteins and two key kinases involved in the control of metabolism and explore their regulation through palmitoylation, which are outlined in Figure 1.
[image: Figure 1]FIGURE 1 | Overview of the role of palmitoylation in regulating substrate metabolism. Palmitoylation of CD36 and GLUT4 by DHHC4 and DHHC7, respectively induces their trafficking to the plasma membrane. Once on the plasma membrane DHHC5 palmitoylates and stabilizes CD36, while zDHHC9 palmitoylates GLUT1. Subcellular trafficking and maintenance on the plasma membrane driven by palmitoylation subsequently results in the uptake of fatty acids and glucose from CD36 and GLUT4/1. Palmitoylation of AMPKα by DHHC17 has been shown to be required for its phosphorylation and localization, while Akt palmitoylation by an unknown DHHC is required for its phosphorylation. While AMPKα and Akt are important modulators of substrate metabolism, the downstream consequences of their palmitoylation remain unknown. Made on biorender.com.
3.1 Palmitoylation of fatty acid transporter CD36
Import of FAs into various tissues is regulated by a family of plasma membrane FA transporters, including fatty acid translocase (CD36), plasma membrane fatty acid-binding protein (FABPpm) and fatty acid transport proteins (FATPs). Of the three main FA transporters, CD36 drives the majority of FA uptake (Luiken et al., 1999) and has been the only FA transporter to be identified as palmitoylated.
CD36 is a widely expressed and heavily glycosylated 88kD integral protein (Greenwalt et al., 1992). It is characterized by a hairpin membrane topology consisting of two transmembrane spanning regions with its NH2 and COOH termini located in the cytoplasm (Glatz et al., 2016). The outer ring of CD36 contains a large hydrophobic cavity that acts as a docking site for fatty acids and, through unknown mechanisms, promotes the transportation of FAs into the cell (Lisanti et al., 1994; Pohl et al., 2005; Pepino et al., 2014). CD36 has been well characterised to contain two phosphorylation sites, two ubiquitination sites and four palmitoylation sites, two on each of the NH2 and COOH cytoplasmic terminals of CD36 (Cys3, Cys7, Cys464, and Cys466) (Tao et al., 1996). In response to stimuli (i.e., AMP activated protein kinase or insulin), CD36 can rapidly and dynamically translocate from intracellular depots to the plasma membrane. Alterations in the amount of CD36 on the plasma membrane have been shown to regulate the fatty acid uptake rate (Glatz et al., 2016). As such, CD36 plays an important role in dynamically regulating fatty acid metabolism, and understanding the regulatory processes will provide mechanistic insight into lipid-derived regulation of metabolism.
Palmitoylation of CD36 was first discovered in adipocytes by Jochen and Hays (1993). Later work delineated that palmitoylation was involved in CD36 maturation and processing in the ER, and was necessary for subsequent trafficking to the Golgi (Thorne et al., 2010). Interestingly, following serine substitutions, all four of the cysteine residues on CD36 were found to be essential for insulin and AMPK induced translocation, confirming palmitoylation of CD36 is essential for translocation to the membrane (van Oort et al., 2014). DHHC4 and DHHC5 were identified as the palmitoytransferases responsible for CD36 palmitoylation and implicated in regulating its trafficking in adipocytes (Wang et al., 2019). Interestingly, these palmitoyltransferases are not functionally redundant. DHHC4 is important for CD36 palmitoylation in the endoplasmic reticulum to induce translocation to the plasma membrane, whereas DHHC5 palmitoylates CD36 at the plasma membrane and protects it from depalmitoylation (Wang et al., 2019). As such, it’s the coordination between the different localized DHHCs in cells that facilitates successful CD36 trafficking and maintenance at the plasma membrane (Wang et al., 2019). In adipocytes, deficiency of either DHHC4 or DHHC5 ablates fatty acid uptake. Furthermore, DHHC4 knock-out or DHHC5 adipose-specific knockout mice also display decreased fatty acid uptake (Wang et al., 2019). CD36 palmitoylation has been further implicated in regulating metabolism in the liver. Enhanced palmitoylation and increased localization to the plasma membrane was observed in mouse livers with non-alcoholic steatohepatitis (NASH) displaying abnormal lipid metabolism. Consequently, inhibiting CD36 palmitoylation was protective against the development of NASH (Zhao et al., 2018). Collectively, these studies highlight that CD36 palmitoylation, orchestrated by DHHC4 and DHHC5, is paramount in mediating FA uptake in adipose and liver tissue.
3.2 Palmitoylation of glucose transport proteins
Similar to FA uptake, the first and rate limiting step of glucose metabolism is transport across the plasma membrane. Glucose uptake is mediated by transport proteins of the GLUT family, and two isoforms, GLUT1 (glucose transporter 1) and GLUT4 (glucose transporter 4), are readily involved. GLUT4 and GLUT1 are facilitative transporters that transport glucose and other hexose sugars through their aqueous pores down a concentration gradient into the cell. The topology of the GLUT transporters was first reported for GLUT1 (Hruz and Mueckler, 2001), and GLUT4 is predicted to have similar structure. GLUTs are comprised of 12 transmembrane domains with a cytoplasmic and exofacial loop. These domains have hydrophobic parts facing the plasma membrane and the hydrophilic parts form the pore. The C- and N- terminus of the GLUT transporters are located on the cytosolic side of the membrane. GLUT1 is primarily located on the plasma membrane to facilitate basal glucose uptake, while GLUT4 is located in intracellular compartments under basal conditions and translocates to the plasma membrane in response to stimuli (i.e., insulin and contraction). Both GLUT1 and GLUT4 have been shown to be regulated by various PTMs, including palmitoylation.
3.2.1 GLUT4
Under basal conditions, GLUT4 is sequestered on membranes in the trans-Golgi network, endosomes and tubular vesicles (GSVs) (Coster et al., 2004; Govers et al., 2004). Upon stimulation, either by insulin or contraction, GLUT4 is transported to the plasma membrane and facilitates glucose uptake into the cell. The majority of glucose uptake in insulin sensitive tissues is mediated by GLUT4, and as such, it plays a pivotal role in mediating whole body glucose homeostasis. Alterations in GLUT4 protein and plasma membrane content have been associated with various metabolic pathologies, including type two diabetes and obesity.
GLUT4 has three cysteine residues and was found to be palmitoylated at Cys223 in 3T3 adipocytes (Ren et al., 2015). Following a substitution of Cys223 with a serine residue, GLUT4 palmitoylation, insulin mediated trafficking and glucose uptake were ablated (Ren et al., 2015). DHHC7 was later identified as the palmitoytransferase responsible for its palmitoylation and subsequent trafficking (Du et al., 2017). Furthermore, DHHC7 silencing in fibroblast-like Chinese hamster ovary cells transfected with a human insulin receptor (CHO-IR) saw suppressed insulin-mediated GLUT4 trafficking to the plasma membrane, further confirming the role of GLUT4 palmitoylation (through DHHC7) regulating glucose uptake (Du et al., 2017). Interestingly, DHHC7-KO mice display hyperglycemia and impaired glucose tolerance, key hallmarks of type two diabetes (Du et al., 2017). Collectively, these results suggest that GLUT4 palmitoylation through DHHC7 is important for GLUT4 trafficking and resultant glucose uptake.
3.2.2 GLUT1
GLUT1 has six cysteine residues, with several located on the cytoplasmic surface of the plasma membrane and was first identified as palmitoylated in blood brain barrier capillaries of rats, using 3H palmitate labeling (Pouliot and Béliveau, 1995). Similarly, in both STZ-induced diabetic and diet-induced hyperglycemic rats, enhanced GLUT1 palmitoylation was observed in the blood brain barrier capillaries, suggesting palmitoylation may regulate glucose transport activity in hyperglycemia (Pouliot and Béliveau, 1995). Furthermore, elevated GLUT1 palmitoylation and cerebral glucose uptake was additionally observed in the human peripheral blood mononuclear cells following treatment with the selective serotonin reuptake inhibitor fluoxetine (Stapel et al., 2019). More recently, in glioblastoma (GBM) cells lines, GLUT1 was found to be palmitoylated on Cys209 and the palmitoyltransferase responsible for its palmitoylation was DHHC9 (Zhang et al., 2021). This work also demonstrated that palmitoylation by DHHC9 was imperative for GLUT1 maintenance on the plasma membrane (Zhang et al., 2021). Substitution of Cys209 for a serine residue resulted in decreased glycolysis and subsequent GBM tumour growth, indicating that GLUT1 palmitoylation by DHHC9 is involved in promoting GBM tumorigenesis through upregulating glycolytic processes (Zhang et al., 2021).
All in all, it appears that GLUT4 and GLUT1 palmitoylation may be involved in regulating glucose uptake in various tissues. Given the importance of these two membrane substrate transporters in modulating glucose homeostasis, further work investigating their palmitoylation status in highly metabolic tissue such as skeletal and cardiac tissue is warranted.
4 KINASES THAT REGULATE PLASMA MEMBRANE TRANSPORT PROTEIN TRAFFICKING
Signalling cascades that regulate cellular metabolism are often dependent on protein kinase signalling. AMP-activated protein kinase (AMPK) and serine/threonine kinase Akt are ubiquitously expressed central homeostatic regulators involved in orchestrating signalling pathways that profoundly influencing metabolic control. Upon activation, largely through phosphorylation, Akt and AMPK are major effectors of insulin and non-insulin induced signalling cascades, respectfully, resulting in the trafficking of membrane substrate transporters to the plasma membrane. As their correct functioning is imperative to metabolic homeostasis, further understanding of their regulatory mechanisms is warranted.
4.1 AMPK
In response to a decrease in cellular ATP and a subsequent increase in AMP, AMPK is phosphorylated on threonine residue 172 (Thr-172), which is located in the activation loop of the kinase, by upstream kinases such as LKB1 (liver kinase B1). AMPK is a heterotrimeric enzyme complex that comprises of a catalytic α-subunit with β- and γ- regulatory subunits. It’s known to localize to various intracellular compartments including the plasma membrane, lysosomes and mitochondria. The activation of AMPK has a variety of metabolic consequences, including the recruitment of GLUT4 and CD36 to the plasma membrane following the phosphorylation and inactivation of the Rab GTPase proteins TBC1D1/4 (Chavez et al., 2008; Samovski et al., 2012; Whitfield et al., 2017). Consequently, activation of AMPK increases glucose uptake and fatty acid uptake, while suppressing synthesis of fatty acids, cholesterol, and proteins. While phosphorylation has historically been the most well understood PTM regulating AMPK function and activity, the subunits of AMPK have been observed to undergo lipid modifications (Warden et al., 2001; Ren et al., 2013).
A proteomic analysis of palmitoylated proteins in adipocytes observed that AMPKα was palmitoylated (Ren et al., 2013). Later work in cells with serine substitutions found that AMPKα was palmitoylated on Cys209 and Cys543 (Sun and Du, 2022), and this was further demonstrated to be involved in regulating its localization and tethering it to membranes (Sun and Du, 2022). Moreover, inhibition of AMPKα palmitoylation blunted AMPK phosphorylation at Thr172 (Sun and Du, 2022). Therefore, this work suggests that AMPKα palmitoylation is paramount to the ability of AMPK to be phosphorylated and implicates palmitoylation in the regulation of AMPK activity (Sun and Du, 2022). With co-immunoprecipitation assays, DHHC17 was identified as the palmitoyltransferase inducing AMPKα palmitoylation. Following DHHC17 inhibition, AMPK phosphorylation was ablated and mouse hepatic glucose metabolism was impaired (Sun and Du, 2022). These findings highlight that AMPKα palmitoylation by DHHC17 is required for AMPK palmitoylation and subsequent phosphorylation. Given the well-established role of AMPK in mediating plasma membrane transport proteins, it would be of great interest to uncover the functional consequences of AMPKα palmitoylation, to better comprehend how lipid modifications mediate the acute response to energetic stress.
4.2 Akt
Akt is recruited to the plasma membrane from the cytosol by activated phosphoinositide 3- kinase (P13K) which converts phosphatidylinositol 4,5- bisphosphate (PIP2) to phosphatidylinositol 3, 4, 5- triphosphate (PIP3) (Alessi et al., 1997). While localized on the plasma membrane, Akt is well known to be regulated through its phosphorylation by PDK1 and mTORC2. Akt is involved in the insulin signalling cascade resulting in the phosphorylation of AS160 and subsequent translocation of GLUT4 and CD36 to the plasma membrane. Membrane attachment of Akt is crucial to its activation, and given the ability of palmitoylation to affect membrane association and tethering, it could be conceptualized that palmitoylation mediates this process.
Recent work in macrophages reported palmitoylation of Akt (Xiong et al., 2021). Using a non-specific pharmacological inhibitor of palmitoylation, 2-bromopalmitate (2-BP), Akt palmitoylation, and membrane distribution were suppressed. Additionally, the inhibition of Akt palmitoylation blunted its phosphorylation (Xiong et al., 2021). Using flag-Akt plasmids and serine substitutions, Cys60 was identified to be the palmitoylated cysteine residue on Akt (Xiong et al., 2021). Furthermore, inhibition of fatty acid synthase (FASN), which is involved in de novo fatty synthesis of palmitate, also impaired Akt palmitoylation providing insight into the source of the palmitoyl-CoA driving palmitoylation (Xiong et al., 2021). Interestingly, in LPS-stimulated macrophages treated with metformin, Akt palmitoylation was found to be disrupted as a result of inhibited FASN and this phenomena was concluded to be part of the mechanism behind the anti-inflammatory features of metformin (Xiong et al., 2021). The DHHCs responsible for Akt palmitoylation and potential APTs involved in depalmitoylation are still unknown. Additionally, the function of Akt palmitoylation as a mediator of cellular metabolism warrants further investigation.
5 MITOCHONDRIAL PROTEINS AS TARGETS FOR PALMITOYLATION
In addition to the plasma membrane, cellular metabolism is regulated at the level of the mitochondria. The mitochondrion is characterized by its double membrane, the outer membrane (OMM) is capable of freely transporting ions and small molecules, whereas the inner mitochondrial membrane (IMM) is highly impermeable requiring specific transporters. As the IMM is impermeable to LCACoAs, in order to be taken up into the mitochondria, LCACoAs are converted to acyl carnitine moieties by carnitine palmitoyltransferase I (CPT1) and then transport across the IMM is mediated by carnitine-acylcarnitine translocase. The LCACoAs are then regenerated in the mitochondrial matrix by carnitine palmitoyltransferase II (CPTII). The mitochondria contains 95% of the total CoA pool and is therefore a site of high concentrations of palmitoyl-CoA (Idell-Wenger et al., 1978). Given the importance of the mitochondria in substrate metabolism and the increased concentration of palmitoyl-CoA, the lipid mediated PTM palmitoylation may be a relevant mechanism regulating mitochondrial metabolism. Historically, most of the work in the field of palmitoylation has focused on targets in the ER, Golgi and plasma membrane, while less was known surrounding the role of palmitoylation at the level of the mitochondria. However, palmitoylation has emerged as a potential regulator of mitochondrial metabolic processes. Early pioneering studies investigating the attachment of long chain fatty acids to proteins identified this occurrence on mitochondrial targets, mainly localized in the matrix (Stuckis et al., 1989; Berthiaumes et al., 1994). More recently, large scale proteomics studies have identified potentially hundreds of palmitoylated mitochondrial proteins and their regulatory enzymes (Kostiuk et al., 2008; Kostiuk et al., 2009), however only a handful of the identified proteins have had their palmitoylation status confirmed and the function of their palmitoylation characterized. This section will therefore explore mitochondrial proteins involved with metabolism that have had their palmitoylation status confirmed, which are outlined in Figure 2.
[image: Figure 2]FIGURE 2 | Overview of mitochondrial protein palmitoylation. CPS1 palmitoylation inhibits its catalytic activity thereby reducing amino acid degradation and urea synthesis during starvation. Through depalmitoylation by ABDH10, PRDHX5 regulates mitochondrial antioxidant ability. HMGCS2 is involved in generating ketones (βHB) and its palmitoylation has been implicated in mediating its interaction with PPARα, suggesting a role for palmitoylation in regulating transcription. MDH2 is an important Krebs cycle enzyme and its activity is enhanced following its palmitoylation by zDHHC18. MMSDH is part of the distal portions of the valine and pyrimidine pathway and has been observed to undergo spontaneous autopalmitoylation in response to mitochondrial levels of long chain fatty acyl-CoAs. Made on biorender.com.
5.1 The first palmitoylated mitochondrial proteins: Methylmalonyl semialdehyde dehydrogenase (MMSDH) and carbamoyl-phosphate synthetase 1 (CPS 1)
The first confirmed and characterized palmitoylated mitochondrial enzymes were MMSDH (Berthiaume et al., 1994) and CPS 1 (Corvi et al., 2001). MMSDH is located in the mitochondrial matrix and is part of the distal portions of the valine and pyrimidine pathways. It catalyzes the oxidative decarboxylation of malonate semialdehyde to acetyl-CoA and methylmalonate semialdehyde to propionyl-CoA. Experiments from bovine livers determined that MMSDH activity was inhibited by long chain fatty acids, suggesting a novel mechanism of regulation by lipid PTMs (Deichaite et al., 1993). Furthermore, the fatty acylation of MMSDH only required acyl-CoA and occurred spontaneously in vitro, suggesting that mitochondrial levels of long chain fatty acyl-CoAs may regulate fatty acylation of MMSDH. Biochemical and mutagenesis evidence then implicated Cys319 as the target of fatty acylation on MMSDH (Berthiaume et al., 1994). In addition to MMSDH, another mitochondrial dehydrogenase, glutamate dehydrogenase, was predicted to be palmitoylated through the same spontaneous mechanism as MMSDH (Berthiaume et al., 1994). Following the identification of MMSHD as being regulated by lipid PTMs, CPS 1 was observed to be palmitoylated in rat liver, inhibiting its catalytic activity (Corvi et al., 2001). CPS 1 is the first and rate limiting step of urea synthesis, and removes the by-product of amino acid catabolism, ammonia. Following the modification of CPS1 active site cysteine residues, palmitoylation was blunted, indicating that CPS 1 is palmitoylated on at least one cysteine residue (Corvi et al., 2001). The function of CPS 1 palmitoylation was hypothesized to reduce amino acid degradation and urea secretion in order to spare nitrogen during starvation, a time when FA oxidation in the mitochondria is high (Corvi et al., 2001). As both MMSDH and CPS 1 activity is regulated by palmitoylation, consequently, mitochondrial palmitoylation has been postulated to facilitate metabolic crosstalk between the pathways involved in fatty acid and amino acid oxidation (Corvi et al., 2001).
5.2 Mitochondrial HMG-CoA synthase (HMGCS2)
HMGCS2 is a mitochondrial matrix enzyme that catalyzes the rate limiting step for ketogenesis, and plays an important role in lipid metabolism. Within the mitochondria, HMGCS2 catalyzes the condensation of acetyl-CoA with acetoacetyl-CoA to form 3-hydroxy-3-methylglutaryl-CoA (HMG-CoA) and CoA, which is then converted to ketone bodies during fasting or starvation. HMGCS2 was first identified as a palmitoylated mitochondrial protein in large scale proteomics screens. Later studies observed that the palmitoylation of HMCGS2 occurred spontaneously in a palmitoyl-CoA dependent fashion, as the in vitro experiments contained only the purified enzyme, buffer and varying concentrations of palmitoyl-CoA (Kostiuk et al., 2008). HMGCS contains nine cysteine residues and two cysteines, Cys166 and Cys305, were found to be palmitoylated. Interestingly, it was observed Cys305 was the main acylated cysteine residue, whereas Cys166 acts as a palmitoyl donor through a transacylation mechanism, a mechanism termed catalytic cysteine palmitoyl relay (CCPR) (Kostiuk et al., 2008). Later work found that the palmitoylation of HMGCS2 was found to be required for its well characterized interaction with the transcription factor peroxisome proliferator-activated receptor alpha (PPARα) (Kostiuk et al., 2010). It is important to note these findings are the first to demonstrate that mitochondrial palmitoylation may be a novel modulator of transcription, suggesting that palmitoylation could facilitate fine-tuned responses of transcription levels of certain proteins to fulfill metabolic requirements of the mitochondria.
5.3 Malate dehydrogenase 2 (MDH2)
Malate dehydrogenase 2 (MDH2) is a key enzyme in the Krebs cycle and catalyzes the oxidation of malate to oxaloacetate, using NAD+ as a cofactor. Interestingly, while investigating its role in ovarian cancer metabolism, MDH2 was found to be palmitoylated on Cys138 resulting in increased activity of the enzyme (Pei et al., 2022). When glutamine was omitted from the cell media, DHHC18 and MDH2 had the greatest interaction, indicating that DHHC18 is able to sense glutamine availability with consequences for palmitoylating MDH2. These results suggest that MDH2, through DHHC18, regulates mitochondrial metabolism via glutamine availability in cancer. Furthermore, MDH2 palmitoylation was associated with enhanced mitochondrial respiration to promote ovarian cancer growth (Pei et al., 2022). In further support, patients with high grade serous ovarian cancer had elevated levels of MDH2 palmitoylation and high levels of DHHC18 mRNA (Pei et al., 2022). Importantly, as mentioned above, DHHC18 is the first palmitoyl transferase identified within the mitochondria, and potentially opens up new possibilities of mitochondrial palmitoylation targets. Furthermore, the role of MDH2 palmitoylation in other metabolic diseases, such as diabetes and NAFLD remains to be elucidated.
5.4 PRDX5
Aside from ATP production, mitochondria represent a large source of endogenous reactive oxygen species (ROS). PRDX5 is a thioredoxin peroxidase that in the early 2000s was identified within peroxisomes, cytosol and mitochondria. PRDX5 contains three cysteine residues (Cys100, Cys105 and Cys204) and was recently discovered to be palmitoylated on Cys100 (Cao et al., 2019). Work using a pan-APT inhibitor caused an increase in PRDX5 palmitoylation, indicating regulation by mitochondrial depalmitoylases. Employing a depalmitoylase probe and novel spatially constrained mitochondrial APT inhibitor, a previously unknown depalmitoylase ABHD10, was identified as responsible for PRDX5 depalmitoylation (Cao et al., 2019). As such, when ABDH10 was knocked down, PRDX5 palmitoylation was increased whereas in contrast, ABDH10 overexpression decreased PRDX5 palmitoylation (Cao et al., 2019). The same report observed that following the inhibition of APTs with a pan-APT inhibitor, impaired mitochondrial antioxidant capacity was identified in these cells (Cao et al., 2019). Interestingly, palmitoylation of PRDX5 on Cys100 prevents the residue from being in the free thiol form, which is required for its nucleophilic attack on H2O2 (Cao et al., 2019). Therefore, PRDX5 regulates mitochondrial antioxidant ability through its depalmitoylation by ABDH10 (Cao et al., 2019). These findings suggest that palmitoylation plays a role in the maintenance of mitochondrial redox homeostasis and provides a novel link between protein lipidation and mitochondrial antioxidant buffering capacity. While the depalmitoylase in this process has been identified, further research is required to identify the method by which palmitoyl-CoA is covalently added to PRDX5. It would also be of interest to identify the role of PRDX5 palmitoylation and depalmitoylation in metabolic diseases.
6 CONCLUSION
Collectively, palmitoylation represents an important PTM that not only functions in modulating substrate uptake across plasma membrane through transport proteins and kinases, but is also emerging as playing a vital role in regulating various metabolic aspects of mitochondrial metabolism. Further work is needed to elucidate the regulatory enzymes involved in mitochondrial protein palmitoylation and the functional outcome of palmitoylation of their target proteins. While the role of palmitoylation in orchestrating subcellular trafficking of key membrane substrate transport proteins to the plasma membrane has been well studied in adipocytes and liver, less is known surrounding its role in skeletal and cardiac muscle. Both tissues display tight homeostatic regulation by the same membrane transport proteins and mitochondrial proteins discussed above, suggesting a promising role for palmitoylation in metabolic regulation within these tissues.
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