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Introduction

As an essential part of plant cell walls, lignin provides mechanical support for plant growth, enhances water transport, and helps to defend against pathogens. As the most abundant natural aromatic-based renewable resource on earth, its biosynthesis has always been a research focus, and it is still currently under study.





Methods

In this study, the p-coumaryl alcohol analog (HALK) and the coniferyl alcohol analog (GALK) containing an alkyne group at the ortho position were synthesized and applied to lignification in vivo and in vitro. The incorporation of these novel lignin monomers was observed via fluorescence imaging.





Results and Discussion

It was found that the two monolignol analogs could be incorporated in dehydrogenated polymers (DHPs) in vitro and in flax cell walls in vivo. The results showed that as the cultivation time and precursor concentration varied, the deposition of H and G-type lignin exhibited differences in deposition mode. At the subcellular scale, the deposited lignin first appears in the cell corner and the middle lamella, and then gradually appears on the cell walls. Furthermore, lignin was also found in bast fiber. It was demonstrated that these new molecules could provide high-resolution localization of lignin during polymerization.
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1 Introduction

With the development of science and technology, more and more chemicals containing aromatic units are being utilized, and these chemicals rely mainly on non-renewable petroleum resources. However, chemicals containing aromatic units are often difficult to synthesize commercially, and there are significant environmental concerns and possible resource shortages in the near future  (Ragauskas et al., 2006; Calvo-Flores and Dobado, 2010). Hence, more research is now focused on the efficient application of renewable biomass resources (Sun et al., 2018). Lignin is the most abundant aromatic polymer on Earth. It is also one of the most important renewable biomass macromolecules composed of aromatic subunits in nature so far and is considered an ideal alternative to replace petroleum-based phenolic chemicals (Luterbacher et al., 2014).

Lignin is a complex and heterogeneous polymer, which is critical to secondary cell wall integrity (Vanholme et al., 2010). Lignification of plants in specialized cells can resist the attack of pathogens and herbivores (Boerjan et al., 2003; Bonawitz and Chapple, 2010). Lignin deposition is a dynamic and complex process in which monomers are first synthesized in the cytoplasm through the phenylalanine pathway (Chiang, 2006; Umezawa, 2009), followed by their transportation to the extracellular space, and are oxidized by peroxidase or laccase to produce free radicals. Finally, lignin can be polymerized through free radical coupling reactions (Ralph et al., 2004, 2008). Although tremendous progress has been made (Liu, 2012; Vanholme et al., 2013; Liu et al., 2018), the exact lignin deposition mechanisms are still not fully understood.

Recently, fluorescence imaging technology has gradually become a powerful tool for studying biological molecular processes, which could be applied to observe the subcellular localization of fluorescent labeling molecules (Watson et al., 2005; Lavis et al., 2006; McIntosh et al., 2008). Furthermore, the transportation and polymerization of lignin monomers can be visualized at the cell level. In recent studies, coniferyl alcohol model compounds with azide and alkynyl labeling were designed and synthesized. Arabidopsis thaliana tissues were cultured with the model compounds to study the deposition mode (Tobimatsu et al., 2014). Bukowski and Pandey designed and synthesized 3-O-propargylcaffeyl alcohol (3-OPC), which was incorporated in the tissue of Arabidopsis thaliana to study the biochemical process and plant lignification process (Bukowski et al., 2014; Pandey et al., 2016). Due to the absence of methoxyl groups in the modified monomer, the information on the synthesis and deposition of S-type and H-type lignin was limited in the whole observation process. Subsequently, a dual-labeling strategy was developed to detect the lignification process of two different model compounds (H type and G type) simultaneously (Simon et al., 2017). A small molecule azide group and alkyne group were introduced into the methoxy group of coniferyl alcohol and the γ position of p-coumaryl alcohol, respectively. They were cultivated with plants together, and then the lignification process was observed through a click chemical reaction (Lion et al., 2017). Due to the dual-labeling technology, interference from other components from the plant cell wall was reduced, making the results more reliable. However, the information on the synthesis and deposition of S-type and part of G-type and H-type lignin is still missing in the whole lignification process due to the absence of hydroxyl groups at the γ position and the methoxy group attached to the benzene ring.

Bioorthogonal reaction refers to a class of chemical reactions that can be carried out in living cells without interfering with their own biological processes (Sletten and Bertozzi, 2009). The application of bioorthogonal chemistry includes two processes: first, the incorporation of bioorthogonal reporter molecules into target biomolecules, and then the bioorthogonal reaction of the probe molecule. It has unique advantages, including wide application and high scalability (Lim and Lin, 2010). Due to the chemical polymerization mode of lignin, click model compounds to participate in the lignin deposition process could be applied to detect the lignification process of plant tissues effectively.

In this study, information groups were introduced at the sites where lignin monomers do not participate in the lignification process (such as the ortho position of the aromatic ring). Specifically, two new lignin analogs, 2-O-proparyl p-coumaryl alcohol (2-O-PPA or HALK) and 2-O-proparyl coniferyl alcohol (2-O-PCA or GALK), were designed and incorporated into flax in vitro to explore the deposition mode of lignin in the flax cell wall. Therefore, the mechanism of the lignification of plant cell walls can be fully revealed. The results could provide a theoretical basis for lignin deposition, and help to promote the efficient separation and valorization of lignin.




2 Materials and methods



2.1 Plant material

Flax plants were used for all experiments. For experiments on cross-sections, 2-month-old flax was grown from seeds sown in compost and grown outdoors in January 2023 in Wuhan, Hubei province, China.




2.2 Lignin monomers

The lignin precursors, namely, p-coumaryl alcohol (pCA), sinapyl alcohol (SA), coniferyl alcohol (CA), HALK and GALK, were prepared by p-coumaric acid, sinapic acid, ferulic acid, p-hydroxybenzaldehyde, and vanillin, respectively. See the Supplemental Information for detailed synthesis protocols for pCA, SA, and CA (Supplementary Figures S1–S7); HALK (Supplementary Figures S8–S13); and GALK (Supplementary Figures S14–S21).




2.3 Biosynthesis of GSH lignin dehydrogenation polymers

G:S:H of 2:2:1 was prepared with different H labeling ratios, i.e., 80 mg of coniferyl alcohol, 80 mg of sinapyl alcohol, 40 mg of p-coumaryl alcohol; 80 mg of coniferyl alcohol, 80 mg of sinapyl alcohol, 30 mg of p-coumaryl alcohol, 10 mg of HALK; 80 mg of coniferyl alcohol, 80 mg of sinapyl alcohol, 20 mg of p-coumaryl alcohol, 20 mg of HALK; and 80 mg of coniferyl alcohol, 80 mg of sinapyl alcohol, 40 mg of HALK. Lignin monomers were added in a 250 mL conical flask with 5 mL of acetone, 195 mL of PBS (0.01 M, pH=6.5), and 3 mg horseradish peroxidase (Sigma-Aldrich, 153.18 U/mg). Furthermore, 0.025% H2O2 solution and monomer solution were added dropwise through a constant flow pump to 2 mL PBS containing 1 mg horseradish peroxidase for about 67 hours at room temperature (3 mL/h). After stirring at room temperature for another 24 hours, the precipitate was obtained after centrifuging at 8000 rpm for 20 minutes at 4°C to remove the unreacted phosphate buffer and enzyme. The dehydrogenated polymer (DHP) was obtained after washing with deionized water four times and followed by freeze drying.




2.4 Biosynthesis of H lignin dehydrogenation polymers

A solution of p-coumaryl alcohol (or HALK) was prepared in a pH 6.5 phosphate buffer solution. The synthesis method was the same as GSH-DHP.




2.5 Nuclear magnetic resonance spectroscopy determination

Initially, 50 mg DHP was dissolved in 0.5 mL DMSO-d6. A Bruker Avance 600 MHz spectrometer equipped with a 5-mm Broadband Observe probe was used to perform 2D-HSQC NMR. A Bruker standard pulse sequence was used for analysis, with a spectral width of 11 ppm in F2 (1H) of 2048 data points and 190 ppm in F1 (13C) of 256 data points. The scanning delay of 1-s and 56 scans were performed. MestReNova was applied for NMR spectra analysis.




2.6 Click labeling of DHPs and fluorescence measurements

Ten milligrams of freeze-dried H-DHP, 25% H(HALK)-DHP, 100% HALK-DHP, GSH-DHP, 25% GSH(HALK)-DHP, 50% GSH(HALK)-DHP, or 100% GSHALK-DHP were dissolved in 2 mL click labeling solution (1 mM L-ascorbic acid, 1 mM CuSO4, and 1 μM azide fluor-545 solution in Murashige and Skoog culture medium). The solution was kept at 25°C for 1 h in a shaker. The DHP suspension was obtained by centrifugation (8000 r/min, 4°C, 20 min) and washed with distilled water four times (8000 r/min, 4°C, 20 min) to remove monomers that do not react with fluorescent groups. The final product was obtained after freeze drying.

Unlabeled H-DHP, GSH-DHP, labeled H-DHP, GSH-DHP, 25% H(HALK)-DHP, 50% H(HALK)-DHP, 100% HALK-DHP, 25% GSH(HALK)-DHP, 50% GSH(HALK)-DHP, and 100% GSHALK-DHP solutions (5 mg/mL) were prepared in dimethyl sulfoxide (DMSO). An F-7000 fluorescence spectrophotometer (Hitachi Koki Co., Ltd. Tokyo, Japan) was used for analysis. The band-pass filter was set to 5 nm, and the spectral integration time was 0.1 s. λex of 561 nm and λem of 545-750 nm were applied.




2.7 FT-IR spectroscopy determination

First, 0.5 mg oven-dried DHP and 20 mg potassium bromide (KBr) were ground into fine powder and made into pellets. FT-IR spectroscopy (Nicolet 6700, Thermofisher Nicolet, America) was conducted on the samples with 64 scans from 4000 cm-1 to 500 cm-1, with 2 cm-1 resolution. The spectra were observed and processed by OMNIC software.




2.8 UV spectroscopy determination

Lignin dehydrogenated polymer (5 mg) was dissolved in 10 mL of 95% (V/V) dioxane solution, which was diluted to 100 mL with 50% (V/V) dioxane solution. A UV spectrophotometer (UV-2550, Shimadzu Co., Ltd., Japan) was employed to scan the solution at the wavelength of 200 nm~450 nm, with a 2 nm slit width and 0 s delay with 600 nm/min scan speed. Dioxane solution (50%) was used as a control. Origin was applied for UV spectra analysis.




2.9 Incorporation and labeling of flax stem sections

Two-month-old flax was cultivated with vertical support. The stem of the flax was cut horizontally 10 cm above the soil level and was then cut into several cross sections (about 150-250 µm thick) (Simon et al., 2018). To cultivate flax with different times (time group), 100 µM GALK/HALK/p-coumaryl alcohol/coniferyl alcohol was dissolved in 300 µL sterile Murashige and Skoog culture medium (2.2 g MS basic medium with 0.6 g 4-morpholineethanesulfonic acid, pH 5.6), respectively. HALK and p-coumaryl alcohol and GALK and coniferyl alcohol (each 10 µM), prepared with Murashige and Skoog culture medium, were incubated at 20°C for 20 h. After incorporation, the sections were washed with 500 µL of liquid MS medium four times. Each solution was then transferred to a click labeling solution (2.5 mM L-ascorbic acid, 0.5 mM CuSO4, and 5 µM azide-fluor 545), which was kept in the dark for 1 h. After being washed twice with 1 mL Murashige and Skoog culture medium, sections were then transferred to 70% MeOH for 1 h to remove any unbound monomers or dyes and finally washed with 1 mL Murashige and Skoog culture medium four times. In the group of chemical reporters with different concentrations, the flax sections were treated with 1 mM lignin precursors, which contained 0%, 1%, 10%, 25%, 50%, 75%, or 100% GALK or HALK for 20 h, and click labeling was conducted with CuAAC (25 mM L-Ascorbic acid, 5 mM CuSO4, 50 μM Azide-fluor 545) for 1 h. The following procedure was the same as the time group.




2.10 Image acquisition by confocal laser scanning microscope

After washing, stem sections were set in a fluorescent mounting medium, and stored in the dark at 4°C. A confocal laser scanning microscope, a Leica SP8, using 20× and 63× (oil immersion) objectives was used for image acquisition. The Lignin spontaneous fluorescence channel was set as λex 405 nm and λem 450 nm. 5-Carboxytetramethylrhodamine azide (azide-fluor 545 or AF545) dye fluorescence(CuAAC) channel was set as λex 552 nm and λem 595 nm. ImageJ was applied to generate the maximum projection of the z series. After selecting lignified regions using a common threshold, the fluorescence intensity was quantified as the original integral intensity per unit area in ImageJ. Separate thresholds were set for images acquired under 405 nm and 552 nm channels. There were 10 replicates in each group, the fluorescence intensity values were expressed as mean ± SD, and images were collected three times for each sample. Statistical analysis was performed by SPSS.





3 Results



3.1 The characteristics of DHPs

With the help of H2O2 and horseradish peroxidase, the yields of H-DHP (yield of 47.5%), 15% H(HALK)-DHP (yield of 45%), 25% H(HALK)-DHP (yield of 50%), 50% H(HALK)-DHP (yield of 67%), and 100% HALK -DHP (yield of 57%) were obtained. GSH-DHP yielded between 51%-64%.



3.1.1 FT-IR analysis

FT-IR is widely applied to analyze the structure of lignin (Halina et al., 2020). The structure of lignin can be studied based on FT-IR spectra to determine various functional groups and chemical bonds, such as carbonyl, hydroxyl, methoxy, C-H, and C-C linkages (Liu et al., 2014). The FT-IR spectra of DHPs are shown in Figure 1. There was a strong and wide signal representing hydroxyl (-OH) around 3404 cm-1, which was mainly due to aliphatic and phenolic hydroxyl groups. Peaks at 3286 cm-1 and 2122 cm-1 were from C≡CH and C≡C, respectively, indicating that HALK-DHP contained propargyl groups. There were obvious signals from the benzene ring at wavenumbers of 1600 cm-1, 1500 cm-1, and 1455 cm-1, which proved that the structure of synthesized DHP was close to lignin. The signal at 834 cm-1 in H-DHP represents the C-H vibration of p-hydroxyphenyl aromatic ring. Furthermore, wavebands at 1268 cm-1 and 1140 cm-1, which were assigned to the C-O absorption of the methoxyl groups in guaiacyl lignin and the C-H absorption of guaiacyl aromatic ring, were clearly observed in GSH-DHP. A C-H absorption peak from the p-hydroxyphenyl aromatic ring at 833 cm-1 was also found. In addition, the methoxy absorption peak of the syringyl ring at 1328 cm-1 in GSH-DHP indicated the structure of GSH lignin (Karmanov and Derkacheva, 2013; Lou et al., 2013).




Figure 1 | FTIR spectra of DHPs. (A) H-DHP; (B) GSH-DHP.






3.1.2 UV analysis

Lignin is a typical aromatic compound that shows a UV characteristic absorption between 250 nm - 400 nm (Sadeghifar and Ragauskas, 2020; Zhang and Naebe, 2021). It was clear that the signals at 274 nm from the benzene ring and 228 nm from the C=C bond conjugated with the aromatic ring in the UV spectra of H-DHP (Figure 2). Similarly, the UV spectra of GSH-DHP showed absorption at 279 nm, assigned to the benzene ring, and at 225 nm for the C=C bond conjugated to the aromatic ring. The various wavelengths assigned to the benzene ring for different DHPs were mainly due to their different number of methoxy groups. Therefore, the UV spectra showed that the DHPs contained the benzene ring and C=C bond on the side chain.




Figure 2 | UV spectra of DHPs. (A) H-DHP; (B) GSH-DHP.






3.1.3 2D-HSQC NMR analysis of DHP

In order to assess whether the lignin precursors, HALK, could participate in free radical coupling in lignin polymerized in vitro, different ratios of DHPs containing HALK, coniferyl alcohol, sinapyl alcohol and p-coumaryl alcohol were prepared, and their 2D-HSQC NMR spectra are shown in Figures 3 and 4.




Figure 3 | 2D-HSQC NMR spectra of H-DHP. (A) New shift. a, b, c, d, e, f.






Figure 4 | 2D-HSQC NMR spectra of GSH-DHP. (A) New shift. g.



Important substructures were shown in Figure 5. The aromatic region of DHP mainly included cross-peaks from H, G, pCA (p-coumaric acid), S (sinapyl alcohol), FA (ferulic acid), X1 (cinnamyl alcohol), X2 (cinnamaldehyde), and PB (p-hydroxybenzoate). Signals assigned to the β-O-4 alkyl ether bond (A), β-5/α-O-4 (B), β-β’ structure (C), methoxy group, and two C-H signals corresponding to the alkyne side chain on HALK were detected in the aliphatic region (Bukowski et al., 2014; Guo et al., 2015; Obame et al., 2019; Wang et al., 2019).




Figure 5 | Important lignin substructure in 2D-HSQC NMR spectra.



When the content of HALK was increased, new signals at 100.60/6.47 ppm (a), 107.93/6.37 ppm b), 95.14/6.57 ppm (c), 123.43/6.67 ppm (d), 82.80/5.65 ppm (e), 81.05/4.81 ppm (f), and 66.88/5.04 ppm (g) were observed. The intensity of signals from a, b, c, e, f, g, Alk1 (56.25/4.75 ppm) (Kim and Ralph, 2010). and Alk2 (78.94/3.55 ppm) was enhanced with the increased content of HALK. In addition, when the content of HALK was increased, the signal intensity of Aα (71.58/4.80 ppm) was decreased. New chemical shifts of e (82.73/5.63 ppm) and f (81.71/4.83 ppm) could be found in 50% H(HALK)-DHP, and the highest peak intensity was with 100% HALK-DHP. However, the two signals were low in 25% H(HALK)-DHP. Due to the low content of alkyne groups, fewer effects on Bα of β-5 and Cα of β-β were observed. The alkyne content in 100% GSHALK-DHP was the same as 20% H(HALK)-DHP, and chemical shifts of e and f disappeared.




3.1.4 Fluorescence spectra analysis of DHPs

The prepared DHP was fluorescent-labeled after the click reaction. The fluorescence spectra showed that DHPs containing HALK exhibited higher fluorescence intensity (25% HALK-DHP@AF545 is 3.95 a.u.) than DHP without labeling (H-DHP is 0.26 a.u.) under the same click labeling conditions (Figure 6). With the enhanced content of HALK, fluorescence intensity was increased from 3.95 a.u. (25% HALK-DHP@AF545) to 5.96 a.u. (100% HALK-DHP@AF545). GSH-DHP followed the same rule. Overall, the fluorescence intensity of GSH-DHP was weaker than that of H-DHP due to the lower amount of HALK in GSH-DHP. DHP without click labeling was applied as the negative control, having negligible fluorescence at 545 nm. The labeled DHPs showed a small amount of fluorescence at 580 nm, but it was much lower than the DHP containing HALK.




Figure 6 | Fluorescence spectra of DHPs. (A), H-DHP; (B), GSH-DHP.







3.2 Incorporation of HALK and GALK in flax stem sections

The results, as shown in Figure 7, showed that the designed and synthesized GALK and HALK can be incorporated into plant cells and show fluorescence after click labeling with azide-fluor 545. At the excitation wavelength of 405 nm, the autofluorescence of lignin was observed (Figure 7A), while at 552 nm, cells labeled with azide-fluor 545 showed red fluorescence (Figure 7B), and the distribution could be seen in the bright field without fluorescence (Figure 7D). First, flax was treated with coniferyl alcohol and p-coumaryl alcohol for 0.3 h, 0.5 h, 1 h, 2 h, 12 h, 24 h, or 48 h, respectively. After labeling with CuAAC (2.5 mM L-ascorbic acid, 0.5 mM CuSO4, and 5 μM azide-fluor 545) for 1 h, the image of flax stem could be observed and quantified (Figure 8). The results showed that the two-month-old flax seedlings exhibited autofluorescence intensity of 50-60 a.u., and the red fluorescence intensity remained almost unchanged (20-30 a.u.) with increasing cultivation time. Therefore, the fluorescence intensity of intrinsic lignin remained almost unchanged, indicating that the flax used in the present study were all at the same growth period. Then, the flax section was treated with 1 mM lignin precursors, which contained 0%, 1%, 10%, 25%, 50%, 75%, or 100% GALK/HALK for 20 h, and labeled with CuAAC. As shown in Figure 9, the fluorescence from click labeling could be observed in the middle lamella and cell walls. With the enhanced concentration of chemical reporters, the fluorescence intensity of stems incorporated with HALK increased gradually, while for GALK, it increased sharply and was then stable when the concentration was over 50%. At the same time, 2-month-old flax was incubated in 100 μM GALK or HALK for 0.3 h, 0.5 h, 1 h, 2 h, 12 h, 24 h, or 48 h, respectively, and then labeled with CuAAC (Figures 10A, B). With the increase in cultivation time, the fluorescence intensity of stems incorporated with HALK was increased from 22.46 a.u. (0.3 h) to 58.20 a.u. (48 h). While for GALK, the intensity rose from 23.99 a.u. (0.3 h) to 115.42 a.u. (24 h), then decreased to 70.26 a.u (48 h).




Figure 7 | Image of cultivated flax stem sections under microscope (×63). (A) Lignin autofluorescence (405 nm, blue fluorescence). (B) Fluorescence after GALK incorporation (552 nm, red fluorescence). (C) Merged image of A and B (D) Imaging of the Flax stem sections in bright field. Scale bar, 25 μm.






Figure 8 | Imaging and Fluorescence intensity changes of flax stem sections cultivated with lignin precursors over time (×20). (A, A1) no lignin precursors; (B, B1) coniferyl alcohol; (C, C1) p-coumary alcohol. Scale bar, 50 μm. (CuAAC contains 2.5 mM L-Ascorbic acid, 0.5 mM CuSO4, 5 μM Azide fluor 545 dissolved in 1mL MS solution). Lignin autofluorescene (405nm), alkynyl labeled lignin fluorescene (552 nm). Values are expressed as mean of the fluorescence intensity ± SD.






Figure 9 | Imaging and Fluorescence intensity changes of flax stem sections cultivated with synthesized lignin at different concentrations (×20). (A-C) merged autofluorescence (blue) channel and clickable fluorescence (red) channel of 10%, 75%, 100% GALK. (D-F) merged autofluorescence (blue) channel and clickable fluorescence (red) channel of 10%, 25%, 75% HALK. (A1-F1) Autofluorescence of lignin at 405 nm. (A2-F2) Fluorescence of synthesized lignin at 552 nm. Scale bar, 50 μm. (CuAAC contains 25 mM ascorbic acid, 5 mM CuSO4, 50 μM Azide fluor 545 dissolved in 1mL MS solution).






Figure 10 | Imaging and Fluorescence intensity changes of flax stem sections cultivated with lignin precursors labeled with alkynyl structures over time (×20). (A, C) GALK; (B, D) HALK. Scale bar, 50 μm. (CuAAC contains 2.5 mM L-Ascorbic acid, 0.5 mM CuSO4, 5 μM Azide fluor 545 dissolved in 1mL MS solution).






3.3 Lignin deposition in plant cells

The fluorescence intensity of cells in middle lamella at different times was observed and compared (Figure 11). As time progressed, the incorporation of both G and H lignin gradually increased. As shown in Figures 10C, D, the fluorescence intensity of the middle lamella was greater than that of the entire cell region, indicating that lignin was gradually and mainly deposited in the middle lamella of flax. The fluorescence intensity of the middle lamella cultured in HALK increased from 17.50 a.u. (0.3 h) to 90.20 a.u. (48 h), which was higher than the overall fluorescence intensity of stem cells [22.46 a.u. (0.3 h) to 58.20 a.u. (48 h)]. Meanwhile, the fluorescence intensity of the middle lamella cultured in GALK increased from 16.60 a.u. (0.3 h) to 172.40 a.u. (24 h), and then decreased to 50.40 a.u. at 48h, showing the same trend as the overall fluorescence intensity of stem cells. Overall, the fluorescence intensity of the middle lamella was higher than that of stem cells at 24 h (115.42 a.u.). Comparing the two bar charts in Figure 11, the two chemical reporters showed different trends of fluorescence intensity, which was in line with the results shown in Figure 10.




Figure 11 | Fluorescence intensity of middle lamella over time. (A) GALK. (B) HALK. Values are expressed as mean of the fluorescence intensity ± SD. Different letters indicate statistical significance at p < 0.05.






3.4 Cell specific differences in the xylem of flax

A large portion of lignin exists in the secondary wall and middle lamella, which are mainly composed of relatively small diameter fiber tracheid tissue (FT) in flax and ray parenchyma cells (R). The results of the laser confocal microscope image confirmed the deposition of HALK (Figure 12G) and GALK (Figure 12B) into the cell wall of flax, including ray parenchyma, tracheid, and vascular. At the same time, a small amount of fluorescence can be observed in the bast fibers and parenchyma cells, indicating that there was also a small amount of lignin in these tissues for lignification.




Figure 12 | Lignification dynamics process in different cells. (A-E) GALK. (F-J) HALK. (A, F) Lignin autofluorescence (405 nm) in 24 h. (B, G) Fluorescence (552 nm) of synthesized lignin in 24 h. (C, H) Merged lignin autofluorescence and clickable fluorescence. (D, I) FT fluorescence in 405 nm and 552 nm channel, (E, J) R fluorescence in 405 nm and 552 nm channel, FT, Fiber tracheids, R, Ray parenchyma. The yellow arrow indicates the detection area of lignin fluorescence intensity. Scale bar,10μm.



The fluorescence intensity of ray parenchyma and fiber tracheid in 24 h was investigated and shown in Figure 12. After analyzing the fluorescence intensity of FT and R cells in flax under 552 nm, the fluorescence intensity of FT gradually decreased when the distance from the cambial zone increased (Figure 12D), while that of R increased (Figure 12E). The autofluorescence of R observed at 405 nm decreased (Figure 12E), while that of FT gradually increased (Figure 12D).

In the area closer to the cambium, the click labeling fluorescence intensity of FT was relatively high, while that of R was higher in part near the pith (Figures 12D, E, I, J). The 405 nm autofluorescence of FT near the cambium was lower than that of R, indicating that the closer to the cambium, the lower the degree of lignification of FT compared to R. In contrast, 405 nm autofluorescence of FT near the pith was higher than that of R (Figures 12D, E, I, J), which suggested a higher degree of lignification in FT than R in parts closer to the pith. Similar results were also observed in the HALK-labeled flax (Figures 12F-J).




3.5 Reporters incorporated to reveal lignification process in single cell

After imaging analysis of the fiber tracheid (Figure 13), the results indicated that lignin precursors were first rapidly incorporated by cells in the middle lamella and then into S1 and S2, while the content of natural lignin rapidly increased in the middle lamella (Figure 13D). The peak width represents lignin accumulation in adjacent cell walls and the deposition of lignin in the middle lamella. The fluorescence intensity from artificially synthesized lignin was the highest in the first fiber tracheid, and it then gradually decreased in subsequent cell layers (Figure 13E). At the same time, it was also found that the fluorescence intensity of the cell wall [Figure 13E (1, 3, 5)] was significantly lower than that of the middle lamella at 24 h (Figure 11).




Figure 13 | Lignification dynamics of Fiber tracheids (×63). (A) Lignin autofluorescence (405 nm) in 24 h. (B) Fluorescence (552 nm) of synthesized lignin in 24 h. (C) Merged lignin autofluorescence and GALK fluorescence. (D, E) Fluorescence intensity changes in the area with yellow arrows in A, B. Scale bar,10 μm.



It can be seen from the image of the flax stem sections (Figure 14) that the cambium still gradually differentiated to form cells after 60 days. After analyzing cells undergoing differentiation (Figures 14A1–C1), fluorescence could be observed in the cell corner and middle lamella of the whole cell (Figures 14D–F) during the cell formation process, indicating that lignin was generated and lignified simultaneously with cell differentiation. In the forming cells, cell corners were formed first and then the middle lamella. Higher fluorescence intensity was observed in cell corners (47a.u., 112a.u., 249a.u., 249a.u.) than that of the middle lamella (5a.u., 47a.u.) as shown in Figure 14E1.




Figure 14 | Imaging of Differentiating Cells (×63). (A, G) Lignin autofluorescence (405 nm). (B, H) Fluorescence (552 nm). (C, I) Lignin autofluorescence (405 nm) and Fluorescence (552 nm). (A1-C1) Imaging of yellow rectangular area in (A-C). The yellow dotted line indicates the cells in the cambium being differentiated. (D) Differentiating cells in ray parenchyma. (E) Differentiating cells in vessel. (F) Differentiating cells in tracheid. (D1-F1) 3D fluorescence quantification diagram of yellow dot area in (D-F). (J) Imaging of yellow rectangular area in (H). (J1-J3) 3D fluorescence quantification diagram of yellow dot area in (J). Scale bar:(A-C)50 μm, (A1-C1)10 μm, (D-F)5 μm. (G-J)25 μm.



At the same time, after incorporation of lignin precursors, fluorescence from alkynyl-labeled lignin can be clearly observed not only in the middle lamella and secondary cell walls, but also in the bast fiber (Figure 15), indicating that there was also a small amount of lignin formed in the bast fiber and cambium of flax.




Figure 15 | Incorporation of lignin precursors in bast fiber. (A) Lignin autofluorescence. (B) Fluorescence of labeled lignin. (C) Merger of A and B (D) Full view of autofluorescence and fluorescence of labeled lignin precursors in bright field. (E) Part view of lignin autofluorescence. (F) Part view of fluorescence of labeled lignin. (G) Merger of E and F. Scale bar, (A-D) 50 μm, (E-G) 10 μm.







4 Discussion



4.1 The structure of DHPs

All types of lignin DHPs contained propargyl group during the polymerization process and showed a structure similar to natural lignin, which indicated that lignin precursors labeled with propargyl groups were biocompatible. Similar to previous reports, H/GSH-DHP contained substructures of β-O-4, β-5, and β-β with the help of H2O2 and horseradish peroxidase (Harman-Ware et al., 2017; Yao et al., 2020). With the addition of lignin precursors (G and S), the content of β-O-4 increased, which was also found in another study (Harman-Ware et al., 2017). The absence of methoxy groups in the H lignin subunit resulted in the greatest unpaired electron density on the carbon nuclei, which was favorable for C-C formation (Yao et al., 2020). The results of DHPs also indicated that the content of β-O-4 in DHPs was relatively lower than those in natural lignin, while β-5 and β-β linkages were predominant, which was consistent with the previous studies (Landucci et al., 1998; Yao et al., 2020). When HALK was added, new signals were observed, from alkynyl and other new structures at 100.60/6.47 ppm (a), 107.93/6.37 ppm b), 95.14/6.57 ppm (c), 123.43/6.67 ppm (d), 82.80/5.65 ppm (e), 81.05/4.81 ppm (f), and 66.88/5.04 ppm (g) (Figures 3, 4). One possible reason might be that part of the alkynyl group may react with quinone methide or take part in other side reactions (Pandey et al., 2015), resulting in a new type of linkage that has not been observed and identified in natural lignin (Figure 16). However, 15% H(HALK)-DHP showed similar structures with H-DHP, indicating that precursors with low concentrations may not obviously change the structure of lignin. Furthermore, when HALK was used to synthesize DHP (100% HALK-DHP), a signal from Aα (71.58/4.80 ppm) was not observed. However, when G, S, and H were all applied to synthesize DHP (GSHALK-DHP), a signal from Aα could be detected. Due to the co-existence of G, S, and H precursors, the structural features of formed DHP were closer to natural lignin (Zeng et al., 2013). These results indicated that the alkynyl group was involved during DHP synthesis and precursors with alkynyl at low concentrations and these analogs showed the potential of lignification observation application in vivo.




Figure 16 | Pathway through which alkynes participate in the formation of novel β-ether bonds in DHPs.






4.2 The deposition of lignin in flax

Previous studies have shown that coniferyl alcohol analogs can undergo enzyme-induced oxidation and free radical coupling with naturally occurring lignin, thereby being incorporated into natural lignin polymers in vivo (Bukowski et al., 2014; Tobimatsu et al., 2014). In Arabidopsis, it is assumed that lignification begins at the attachment site of a lignin monomer, where lignin undergoes a series of reactions (Pandey et al., 2016). It was speculated that there is also such an attachment site in flax, where the units undergo free radical polymerization through the action of peroxidase and/or laccase to form lignin (Lion et al., 2017). When comparing the three histograms in Figures 8A1, B1, C1, coniferyl alcohol and p-coumary alcohol did not impact the fluorescence intensity after the click reaction. Under the same imaging conditions, the generation of fluorescence signals mainly depends on the click reaction and is a non-specific binding between azide dyes and alkynyl groups. From the image of the laser confocal microscope, it can be seen that the area labeled by Azide-fluor 545 was mainly in the middle lamella and cell wall of flax cells, which was the same as previous studies (Tobimatsu et al., 2014; Lion et al., 2017). From the fluorescence quantification of flax stem sections (Figure 9), the fluorescence intensity of flax stem sections increased with the increasing concentration of labeled lignin precursors, indicating that increased lignin precursor concentrations could promote deposition of the corresponding substance (Figures 9A-F).

With the increase in HALK concentration, the fluorescence intensity of labeled lignin gradually increased (Figure 9). However, the fluorescence intensity of GALK was first rapidly enhanced when the monomer concentration was increased from 1% to 50%. However, when the concentration further increased from 50% to 100%, the click fluorescence intensity did not significantly increase and even showed a certain downward trend, which may be caused by the difference in the deposition mode of the two different types of lignin in flax. In a previous study, azide tagged p-coumaryl alcohol and alkyne tagged coniferyl alcohol were synthesized and added to flax individually (Lion et al., 2017). The intensity of click fluorescence in the cells was the highest when the concentration of lignin precursors was the highest, which was similar to our results. Fluorescence intensity in plant slices cultivated with G-type lignin precursors tended to flatten as the concentration increased, while H-type lignin gradually increased. In our present study, the click fluorescence intensity in the stem section slices of flax cultivated with GALK or HALK was higher than that has been reported. It was speculated that the GALK and HALK synthesized in this study could be better incorporated by flax. At the same time, it was suggested that increasing the input of lignin precursors showed a relatively low impact on programmed cell death. Studies have shown that lignin deposition not only occurs after programmed cell death but also before (Smith et al., 2013). At the subcellular scale, the deposited lignin first appears in the cell corner and the middle lamella connecting adjacent plant cells, and then gradually on the cell wall (Wardrop, 1957; Saka and Thomas, 1982; Terashima et al., 1988; Donaldson, 1991, 1992, 2001; Boerjan et al., 2003; Smith et al., 2013).

As shown in Figures 10C and D, GALK or HALK were gradually incorporated over time, but their intensities were different. As the cultivation proceeded, the fluorescence intensity of HALK increased but was not as high as that of GALK. The reason might be that flax is a type of gramineae, and the content of H-type lignin is lower than G-type lignin (Bonawitz and Chapple, 2010). Therefore, within the same cultivation time, the incorporation rate of G-type lignin was greater than that of H-type lignin. GALK reached its maximum fluorescence intensity at 24 hours, possibly due to saturation of the sections or limited click reagent. Due to the low content of H-lignin in the flax cells, the incorporation gradually increased with time, resulting in the fluorescence intensity reaching a maximum at 48 hours (Figure 10D). The synthesis of lignin is influenced by types of enzymes in plants, among which 4-coumarate:CoA ligase (4CL) limits the accumulation of lignin, and a decrease in 4CL content limits the availability of monolignol for lignin polymerization (Goudenhooft et al., 2019). During the process of lignin deposition, the depletion of C3H (p-coumarate-3-hydroxylase) activity leads to a decrease in H-lignin deposition (Anterola and Lewis, 2002). Due to the influence of various enzymes, the content of H-lignin is lower than that of G-lignin, resulting in different incorporations of the two types of lignin. Previous studies found that the deposition of G-type reached a maximum at 24 h and then started to decrease at 48 h as time went on. The fluorescence intensity of H-type reached a maximum at 12 h and then decreased (Lion et al., 2017), which was different from our results. The possible reason might be due to a different species and different chemical reporters applied.

The labeled flax cells showed stronger fluorescence in R and lower fluorescence in FT. In the root of Arabidopsis, autofluorescence in vascular bundles or xylem was higher than that in interfascicular fibers, but the click labeling was higher in interfascicular fibers (Pandey et al., 2016). The development of lignified cells includes cell expansion, biosynthesis of polysaccharides, lignification, and programmed cell death (depending on different cell types), which are closely coordinated in different regions (Lion et al., 2017; Obame et al., 2019). Earlier studies suggested that FT and R cells showed different lignification dynamics due to their various biological roles in developmental programs (Simon et al., 2018). Fiber tracheid exists in the xylem of plants and is used mainly for water transportation (Schuetz et al., 2014). Ray parenchyma (R) is widely distributed in plants, and its cells (Figure 12) show thin primary walls and more developed middle lamella, which can further develop into more specialized tissues (Simon et al., 2018). FTs mature and die rapidly, leaving cells with thick lignified walls, while R cells are alive in their mature and functional state and are free of thick lignified walls (Simon et al., 2018). Therefore, FT and R show different lignification trends (Figure 12). In plant cells, cell wall lignification occurs rapidly in one to two cells away from the cambium (Lion et al., 2017). The results showed that exogenous supply of monolignols and their analogs could be incorporated readily into lignified cell walls. A higher degree of incorporation could be observed in areas with lower autofluorescence, compared to areas already rich in lignin (Figures 12D, E), which was also found in the flax sections incorporated by the HALK-type lignin (Figures 12F, J).

In the process of cell formation, the cell corner was formed first followed by the middle lamella and other regions (Baldacci-Cresp et al., 2020), which was also found in Arabidopsis (Lion et al., 2017). It is believed that during the process of cell differentiation and formation, lignin is formed, which could also be observed in Figures 14D-F. In similar studies, lignin biosynthesis starts with S1 formation (Lion et al., 2017), where lignin is synthesized. The newly formed lignin is first observed in cell corners and middle lamella, and then gradually diffuses into S1, S2, and S3 of secondary cell walls (Lion et al., 2017). Similar results were also found in HALK (Figures 14G-J). In Arabidopsis, when the concentration of lignin precursors was 20 μM, the degree of lignification in the secondary cell wall area was more intense than that in the cell corner and middle lamella (Pandey et al., 2016), which was in accordance with our research results. This result indicated that even though lignin was deposited in various regions of the cell, the deposition of lignin in the middle lamella was higher than that in the cell wall and other regions, which was in line with a previous report (Lion et al., 2017).

The bast fiber of flax is different from the xylem. The secondary cell wall of the bast fiber is rich in cellulose, while the content of lignin is relatively low (Day et al., 2005; del Río et al., 2011), and it also contains a higher content of H-type lignin than the xylem (Lion et al., 2017). Chemical analysis of the bast fiber and xylem cells of flax was performed previously (Day et al., 2005), and the results indicated that both the bast fiber and xylem of flax were rich in guaiacyl (G) units, and the S/G was lower than 0.5. Additionally, the lignin content in the bast fiber of flax was higher than that of the adjacent xylem. From Figure 15, it can be seen that relevant fluorescence of both natural lignin and artificially synthesized lignin can be observed in the phloem of flax (Figures 15E-G). Therefore, lignin deposits were observed not only in the xylem, but also in other parts such as the phloem in the plant. This is helpful for elucidating the lignin structure and valorization of plant bark (Neiva et al., 2020).





5 Conclusion

In the present study, alkyne groups were introduced at the ortho positions of lignin precursors, which were applied to investigate the lignification dynamics of flax. It was demonstrated that the lignin analog could be incorporated into the plant. Combined with CuAAC reaction, the lignification sites in the plant cell wall could be accurately located. The deposition pattern of lignin varies in different cells. In FT cells, the content of acetylene labeled lignin gradually decreased, while the content of natural lignin increased progressively. In R cells, the opposite trend was observed. During the process of cell formation, deposited lignin first appeared in the cell corner and the middle lamella, and then gradually appeared in the cell wall. When the cells matured, the highest content of lignin was found in the cell wall. These lignin analogs can be used to investigate the lignification of plants, which is beneficial for unraveling the mystery of how lignin deposits in plant cell walls.
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