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At the peak of the COVID-19 pandemic, pooled surveillance strategies were employed to alleviate the overwhelming demand for clinical testing facilities. A major drawback of most pooled-testing methods is the dilution of positive samples, which leads to a loss of detection sensitivity and the potential for false negatives. We developed a novel pooling strategy that compensates for the initial dilution with an appropriate concentration during nucleic acid extraction and real-time PCR. We demonstrated the proof of principle using laboratory-created 10-sample pools with one positive and corresponding individual positive samples by spiking a known amount of heat-inactivated SARS-CoV-2 into viral transport medium (VTM) or pooled negative saliva. No Ct difference was observed between a 10-sample pool with one positive vs. the corresponding individually analyzed positive sample by this method, suggesting that there is no detectable loss of sensitivity. We further validated this approach by using nasopharyngeal swab (NPS) specimens and showed that there is no loss of sensitivity. Serial dilutions of the virus were spiked into VTM and pooled with negative saliva in simulated 10-sample pools containing one positive to determine the LOD and process efficiency of this pooling methodology. The LOD of this approach was 10 copies/PCR, and the process efficiencies are ~95%−103% for N1 and ~87%−98% for N2 with samples in different matrices and with two different master mixes tested. Relative to TaqPath 1-step master mix, the TaqMan Fast Virus 1-Step master mix showed better sensitivity for the N2 assay, while the N1 assay showed no Ct difference. Our pooled testing strategy can facilitate large-scale, cost-effective SARS-CoV-2 surveillance screening and maintain the same level of sensitivity when analyzed individually or in a pool. This approach is highly relevant for public health surveillance efforts aimed at mitigating SARS-CoV-2 spread.
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Introduction

The coronavirus disease 2019 (COVID-19) outbreak caused by severe acute respiratory syndrome coronavirus 2 (SARS-CoV-2) first appeared in Wuhan, China, in 2019 and spread rapidly into a global pandemic (1–4). This outbreak seriously impacted public health worldwide and caused an unprecedented demand for SARS-CoV-2 diagnostic testing resources. The most widely used diagnostic test to detect the presence of viral RNA is the highly sensitive quantitative real-time polymerase chain reaction (qPCR), the gold standard for SARS-CoV-2 detection. Very early on in the pandemic, a test for this virus developed by the US Centers for Disease Control and Prevention (CDC) (5, 6) was approved by the Food and Drug Administration (FDA) for emergency use (7) by laboratories.

While the focus has been on SARS-CoV-2 patients with symptoms (symptomatic), infected individuals who do not show any symptoms (pre-symptomatic and asymptomatic carriers) have been a substantial source of all reported infections (8–10). Transmission without symptoms has been a major contributor to the rapid spread of the virus (11–14). This highlights the importance of public health efforts to conduct widespread surveillance testing of asymptomatic individuals, particularly in close-quarter communities such as military installations, schools, health-care facilities, and nursing homes. Large-scale testing presents a major challenge due to the number of individuals (community size) to be tested on a regular basis to mitigate the risk. This imposes a serious burden on much-needed resources and on test centers that are already at their maximum capacity with symptomatic and other medical testing. Sample pooling-based group testing approaches can expand analytical capacity, allowing large-scale surveillance screening of asymptomatic carriers and enhancing public health intervention efforts.

Adaptive group testing, first described by Dorfman (15), is a two-stage hierarchical testing strategy in which samples are tested first in multi-sample pools, and subsequently, individual samples from positive pools are analyzed to identify the positives. Pools that tested negative indicate that all the samples in that pool are negative and that no further testing is necessary. Sample pooling reduces the total number of tests and increases the overall throughput. This has been the most widely used approach, and several laboratories have employed this strategy for real-time PCR detection of SARS-CoV-2. The most preferred pooling strategy has been to mix individual samples prior to RNA extraction and real-time PCR (16–21), while other methods, such as swab-level pooling at the time of collection (22–24) and RNA-level pooling (25, 26), were also used to increase the analytical capacity and save resources. Optimal pool size and the effectiveness of pooling are dependent on the disease prevalence in a population and assay sensitivity (16, 17, 27–29). The lower the prevalence, the higher the benefits of pooling; however, prevalence is not static and could change very quickly. A built-in flexibility to adjust the pool size is very important for any pooling methodology to accommodate changes in prevalence while maintaining sensitivity.

NPS specimens have been the gold standard for SARS-CoV-2 diagnostic detection and group testing approaches. Collecting NPS specimens is costly, time-consuming, and requires trained personnel with personal protective equipment (PPE). Less expensive and easy to collect alternate specimen types, such as saliva (30, 31) and saline-gargle (32–34), are emerging as valid choices for real-time PCR-based SARS-CoV-2 detection and can simplify surveillance efforts. The collection of these specimens is non-invasive, can easily be self-collected, and does not require trained personnel or PPE. The use of saliva as a sample for detecting the virus is a major turning point in surveillance testing (35) and is a compelling alternative to NPS (36). SARS-CoV-2 RNA in saliva is relatively stable (37) and saliva has comparable sensitivity to NPS in molecular detection of the virus (30, 38–41). Several groups have effectively used saliva in pooled surveillance testing of SARS-CoV-2 (42–48).

Although group testing enhances analytical capacity, a major drawback of most pooled testing approaches is loss of sensitivity due to sample dilution (16–19, 25, 26, 40, 43, 45, 47). A 10-fold dilution can increase the Ct value by ~3.33 (49). Consequently, specimens with viral loads close to the LOD are likely to become false negatives upon sample pooling due to this dilution effect. Here we present proof-of-concept data in support of a pooled testing strategy for up to 10 samples without any loss of sensitivity due to dilution (and avoiding the Ct increase). This method is bench-marked with the CDC protocol for single-sample analysis (5, 6). This approach compensates for the initial 10-fold dilution with an appropriate seamless concentration during subsequent nucleic acid extraction and real-time PCR steps. We validated this method with NPS as well as with self-collected saliva and determined the process efficiency and LOD. This pooled testing strategy can be utilized very effectively by any laboratory engaged in large-scale SARS-CoV-2 surveillance screening. This pooling strategy is extremely beneficial and effective in providing much-needed support to epidemiological monitoring during devastating pandemic situations such as COVID-19.



Materials and methods


Reagents

MagMAX™ Viral/Pathogen Nucleic Acid Isolation Kit (MVP II), Phosphate Buffered Saline (PBS; GIBCO, ThermoFisher Scientific, Cat # 10010031), TaqPath™ 1-Step RT-qPCR Master Mix, CG (4×), and TaqMan™ FAST Virus 1-step Master Mix (4×) were purchased from ThermoFisher Scientific. Heat-Inactivated SARS-Related Coronavirus 2, Isolate USA-WA1/2020 (Cat# NR-52286), and Quantitative PCR (qPCR) control RNA from Heat-Inactivated SARS-Related Coronavirus 2, Isolate USA-WA1/2020 (Cat# NR-52347) provided by the BEI Resources Repository (www.beiresources.org) were used in our experiments as the reference viral preparation and positive qPCR control, respectively. The viral transport medium (VTM) was prepared as described in Centers for Disease Control and Prevention SOP#: DSR-052-05 (50). Proteinase K solution (Cat# 1019499) was purchased from Qiagen, Inc.



MS2 bacteriophage

MS2 bacteriophage (5 × 1010 viral particles (copies)/ml; Cat# 0810274) was purchased from ZeptoMetrix, Inc. An aliquot of this stock was diluted to a working stock of 5 × 106 copies/ml in PBS. Each individual sample (when the samples were analyzed individually) or a 10-sample pool (when the samples were analyzed as pools) was spiked with 2 μl (~10,000 copies) of this working stock at the time of nucleic acid extraction. This serves as extraction control. MS2 Phage RNA from Roche (Cat # 10165948001, 10 A260 Units) was used as positive control RNA for real-time PCR (~1–2 pg in a 20-μl real-time PCR reaction).



Primers/probes

2019-nCoV RUO Kit (Cat# 10006713), consisting of 2019-nCoV_N1, 2019-nCoV_N2, and Hs_RP (RNAse P), was purchased from Integrated DNA Technologies (IDT). MS2 Bacteriophage RNA replicase β-chain gene-specific RT-qPCR Primers and Probe sequences published (51) were used. MS2-RB-FWD primer: 5′-GCT CTG AGA GCG GCT CTA TTG-3′, MS2-RB-REV primer: 5′-CGT TAT AGC GGA CCG CGT-3′, and MS2-RB probe: 5′-/56-FAM/CCG AGA CCA/ZEN/ATG TGC GCC GTG/3IABkFQ/-3′ also from IDT. For the MS2RB assay, the final concentration for FWD and REV primers was 400 nM, and the probe was used at 250 nM in real-time PCR (20-μl final volume). We prepared a 10× concentrated primer/probe mix and used a 2 μl/20 μl reaction.



Sample collection

NPS specimens were collected into VTM from asymptomatic service members by trained personnel with personal protective equipment (PPE) and following appropriate safety procedures. The samples were shipped on ice to the Department of the Army (DA) Public Health Center (APHC), which has since been renamed the Defense Centers for Public Health-Aberdeen (DCPH-A). The samples were shipped on ice and used for pooling and subsequent testing. Positive pools, each having 10 pool-specific individual de-identified samples, were kindly provided by Dr. Robyn Nadolny (Vector-Borne Diseases Branch, DCPH-A).



SARS-CoV-2 negative saliva

Self-collected, de-identified saliva samples (a batch of 10 individuals at any given time and 4–5 ml saliva from each) were obtained from healthy volunteers (internal staff) with their consent and permission from the Office of Human Protection (OHP) following biosafety guidelines. We used sterile, unmarked 30-ml freestanding screw-capped tubes (Evergreen Labware products, Cat# 222-3530-G80) for saliva collection.



Heat inactivation

All the unopened specimens (NPS and saliva) were heat inactivated to render the SARS-CoV-2 (if any present in the specimen) non-infectious by placing the tubes in a 65°C bath for 30 min. These tubes were moved to a biosafety cabinet (BSC, class II) for added safety and processed further.

In the case of heat-inactivated saliva specimens, an aliquot (100 μl) of each was treated with Proteinase K solution (10 μl) at room temperature for 15 min with occasional gentle mixing to reduce the viscosity. Proteinase K-treated saliva (100 μl) was combined with 300 μl of PBS, spiked with 5 μl of MS2-EC, and processed for nucleic acid extraction. The elution volume was 80 μl. Extracted RNA (10 μl) was used in real-time PCR to test for SARS-CoV-2-specific N1 and N2. Saliva specimens negative for SARS-CoV-2 were used to prepare pooled negative saliva and stored at −80°C in aliquots until use. This pooled saliva was used for subsequent validation studies by spiking known copies of heat-inactivated SARS-CoV-2.



Pooling method validation using simulated pools

Heat-inactivated SARS-CoV-2 virus stock was prepared (3 × 104 copies/ml) in specimen matrix (VTM or pooled negative saliva), and a 400 μl (12,000 copies) aliquot was used as the starting material for un-pooled individual samples, while only 40 μl (1,200 copies) combined with 360 μl of specimen matrix was used for the 10-sample pool (relative to un-pooled, it is 1:10 diluted). For each condition, five replicates were prepared and processed for nucleic acid extraction. At the elution step, the un-pooled sample was eluted into 400 μl (maintaining a 1:1 relation between the input and the elution volumes), while for the pools, it was 80 μl (leading to a 5× concentration). At the real-time PCR step, 5 μl of the extracted nucleic acid was used from the un-pooled sample while 10 μl (2× volume) was used from the simulated pool, compensating for the initial 10× dilution by appropriately concentrating at the time of nucleic acid extraction and at the real-time PCR steps. As a result, in both cases, there were approximately 150 copies per qPCR reaction (no dilution effect).



Validation using surveillance samples from asymptomatic individuals

We further validated this pooling approach using de-identified NPS surveillance samples. Sample pools (of 10) were prepared using individual heat-inactivated NPS specimens (collected in VTM) by aliquoting 100 μl of each specimen using a P200 pipettor with an extra-long filtered pipette tip (cat# 2160P-05-HR, ART-Reach barrier tip, sterile, ThermoFisher Scientific) into a 1.5 ml Eppendorf tube to make a 10-sample pool. The final volume at this stage was 1 ml. When the number of samples for pooling is <10, an appropriate volume of VTM is added to make up the final volume of 1 ml. Using a 1-ml pipettor with a filtered tip, the pooled sample was gently mixed to make it homogeneous. All these steps were performed in a Biosafety Cabinet (BSC, Class II), taking appropriate precautions. A 400 μl aliquot from each pool was spiked with MS2 bacteriophage as an extraction control (MS2-EC) and prepared for nucleic acid extraction. The remaining pooled sample (600 μl) and the corresponding un-pooled individual specimens were stored at −80°C. Nucleic acids were eluted (in 80 μl), and 10 μl/target was used in real-time PCR. Individual NPS specimens that tested negative were combined to prepare pooled Negative NPS and stored at −80°C until use.



Individual samples from positive pools were analyzed using two approaches

(a) A volume of 400 μl of the individual sample spiked with MS2-EC was used for nucleic acid extraction. In this case, the elution volume was 400 μl and 5 μl was used for real-time PCR. In doing so, the MS2-EC Ct values would be higher in individual samples than the corresponding MS2-Ct values in the 10-sample pool. (b) A volume of 40 μl of the individual sample was mixed with 360 μl of VTM and spiked with MS2. Following the nucleic acid extraction, the elution volume was 80 and 10 μl was used for real-time PCR. In this case, the MS2-Ct values were very similar between the pool and the individual samples. This latter approach uses less specimen (volume) and minimizes the wastage of potentially valuable specimens.



Nucleic acid extraction

Nucleic acids were extracted using the MagMAX™ Viral/Pathogen Nucleic Acid Kit (MVP II) on a MagMAX 96 instrument. The starting volume was 400 μl, and samples <400 μl were adjusted to 400 μl by adding the appropriate volume of VTM or pooled negative saliva, depending on the experiment. For pooled samples, the starting sample volume was 400 μl (a pool of 10 samples, 40 μl each), and the elution volume was 80 μl. For un-pooled individual samples, the ratio of input specimen volume to elution volume was maintained at a 1:1 ratio. For example, for an input sample volume of 100 μl adjusted to 400 μl with specimen medium, the elution volume used was also 100 μl.



Real-time PCR

Each real-time PCR reaction (20 μl) consisted of 5 μl of TaqPath 1-step RT-qPCR master mix or TaqMan FAST virus 1-step RT-qPCR master mix (4×), primer probe mix (1.5 μl of 2019-nCoV_N1 or 2019-nCoV_N2 specific mixes from IDT), and 5 μl un-pooled extracted RNA or 10 μl of pooled extracted RNA. The final reaction volume was adjusted to 20 μl with nuclease-free water. For the MS2-EC assay, 2 μl of 10× primer probe pre-mix was used for a 20-μl reaction. Real-time qPCR cycling conditions were as described in the CDC manual (5). Quantitative PCR (qPCR) control RNA (25–30 copies/qPCR) was used as the positive control with an appropriate negative control in all experiments.




Results


Validation of the pooling method
 
Pooling strategy

An outline of analyzing samples individually or in pools of 10 for the detection of SARS-CoV-2 is depicted in Figure 1. Panel-I depicts the individual sample analysis workflow, which is based on the CDC 2019-Novel Coronavirus (2019-nCoV) real-time RT-PCR Diagnostic Panel (5) as a benchmark and reflects a 1:1 relationship between the sample input volume and the elution volume (400 μl in this case). SARS-CoV-2-specific targets N1 and N2 are tested using the extracted nucleic acid (5 μl/target) by real-time PCR. Two different 10-sample pooling approaches can be used (Panel-II) by combining 1/10 volume of each sample (40 μl each) to be used to achieve a final input volume of 400 μl for subsequent steps. Nucleic acids are eluted, maintaining the same volume as the input volume (400 μl), and used (5 μl) in real-time PCR as above. Such a pooling approach (Method-A) would lead to dilution and loss of sensitivity. However, the initial 10× sample dilution is balanced (Method-B) by a 5× concentration during the nucleic acid elution step and used a 2× volume of extracted RNA (10 μl) in the subsequent RT-qPCR. As a result, the initial dilution is neutralized, and each sample in the pool performs as if it were a single sample without any dilution effect. It is also possible to directly achieve the 10× concentration at the time of nucleic acid elution depending on the extraction platform used, such as MagNA Pure 96, which can allow the use of an input volume of 1 ml and an elution volume of 0.1 ml, in which case one can use only 5 μl/PCR. We used MagMAX 96 with a starting volume of 400 μl and an elution volume of 80 μl for pools, resulting in a 5× concentration. Using a volume of 10 μl in each qPCR reaction would essentially result in a 10× concentration. This is the basis of this study in this article.


[image: Figure 1]
FIGURE 1
 Sample-pooling strategies in relation to individual specimen analysis. (Panel-I) Workflow for single sample analysis based on CDC protocol (5) as a benchmark, reflecting a 1:1 relationship between the sample input volume and the elution volume (400 μl in this case). Each target was tested using 5 μl of extracted RNA. (Panel-II) Depicts two different approaches for pooling (10 samples) consisting of one positive. Method-A combines 1/10 volume (40 μl) of each sample and processes it as in Panel-I. A positive sample generated by this pooling approach will reflect a dilution effect and loss of sensitivity. Method-B (Present study), the initial dilution is balanced by an appropriate concentration during the nucleic acid elution step and at the real-time RT-PCR step. As a result, the positive sample in the pool doesn't show any dilution effect.




Validation by simulated pooling

We validated this pooling strategy through a simulated pooling experiment. We used laboratory-prepared 10-sample pools containing one positive sample and a corresponding individual positive sample by spiking fixed copies of SARS-CoV-2 into specimen medium. These samples were processed accordingly for real-time qPCR analysis, and the resultant Ct values of the pool for N1 and N2 are comparable to the corresponding target-specific Ct values of the un-pooled single sample (Table 1A). If there is a dilution effect, a 10-sample pool would have resulted in a Ct increase of ~3.33 relative to an individually analyzed sample; however, we did not see such an increase in Ct upon pooling. These results suggest that a single positive sample in a background of nine negative samples analyzed individually yielded very comparable results, showing that this approach avoided sensitivity loss due to pooling. We also tested this approach with two different master mixes, and the results of N1 and N2 for a given master mix are comparable to the corresponding target-specific Ct values in a simulated pool vs. a single un-pooled sample (Table 1A), indicating that this approach has not resulted in a Ct increase (~3.33) typical for the dilution effect (10-sample pooling). Our results also show that this pooling approach can be used not only with NP swabs but also with saliva (Table 1B) specimens.


Table 1A. Simulated pooling experiment.
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Table 1B. 
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Validation using surveillance samples

Asymptomatic surveillance samples (NPS) analyzed individually or as 10-sample pools also showed no loss of sensitivity due to pooling. The Ct values obtained with the positive 10-sample pools are highly comparable to the corresponding individually tested positive sample(s), further validating that there is no dilution effect (Table 2). This agrees with what we observed using a laboratory-prepared simulated pool vs. an individual sample scenario. Some pools resulted in multiple positive samples (Table 3), and in such situations, the Ct value of the pool reflected the individual sample with the lowest Ct in that pool. MS2-EC Ct values of individually analyzed samples remain comparable to those of the pool or higher. Depending on the approach used for individual sample analysis (methods), MS2 Ct values are 2–3 Ct higher for some individual samples relative to the corresponding pool (P9, P15, P17, and P18 of Table 2; P30, P32, and P1 of Table 3). Based on our studies, we recommend the approach that uses only 40 μl of an individual sample, potentially saving the specimen for other studies.


TABLE 2 Surveillance samples pooled vs. individuals with one positive in a 10-sample pool.
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TABLE 3 Surveillance samples pooled vs. individuals with more than one positive in a 10-sample pool.
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MS2 phage as an extraction control

Human RNAse P (RP) is recommended as an extraction control (human specimen control) to ensure all the steps in nucleic acid extraction work properly. RP also serves as a specimen collection control (5), indicating whether the specimen was collected (e.g., NPS) properly or whether a repeat collection may be needed (when the result is negative for N1, N2, and RP). RP may not offer any insight into extraction performance across samples because Ct values for RP vary significantly between samples. The nucleic acid extraction step is a very critical part of the workflow in real-time PCR-based molecular detections, particularly in high-throughput environments, and must be closely monitored. A fixed amount of externally spiked control, such as RNA bacteriophage MS2, is effective (52–54) in monitoring the nucleic acid extraction and the subsequent reverse transcription step in the process. MS2 spike as an external control was also used in other SARS-CoV-2 surveillance approaches (45, 55). We included the MS2 spike as a control for monitoring the extraction performance in the SARS-CoV-2 test process.



TaqMan FAST virus 1-step MM is an effective alternative to TaqPath 1-step MM

A performance comparison of TaqPath™ 1-Step RT-qPCR Master Mix (TP-MM) and TaqMan FAST Virus 1-step Master Mix (TM-MM) for testing SARS-CoV-2 N1 and N2 assays showed (Table 4) both master mixes worked well, while the N2 assay resulted in lower Ct values with TM-MM on all instruments tested. The observed Ct difference [Ct (TP − MM) – Ct (TM − MM)] for N2 (mean ± standard deviation; SD) is 1.42 ± 0.2, 1.47 ± 0.33, and 0.74 ± 0.07 for ABI 7500 Dx and QuantStudio-6/96 well and 384 well, respectively. This difference becomes more obvious with results from standard curve experiments (Figures 2A, B, 3A, B), which show that N2 has better performance with TM-MM (see below).


TABLE 4 Performance of SARS-CoV-2-specific N1 and N2 assays in two different master mixes.
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FIGURE 2
 (A, B) Process efficiency of SARS CoV-2 detection in simulated pools prepared in VTM. Linear regression analysis of SARS-CoV-2-specific N1 and N2 Ct values plotted against the Log copies. Results for N1 (A) and N2 (B) are presented. N1-TP and N2-TP: Ct values for N1 and N2, respectively, in TaqPath 1-step real-time RT-qPCR MM. N1-TM and N2-TM: Ct values for N1 and N2, respectively, in TaqMan FAST virus 1-step MM. The table shows the slope, efficiency, and R2 values.



[image: Figure 3]
FIGURE 3
 (A, B) Process efficiency of SARS CoV-2 detection in simulated pools prepared in saliva. Linear regression analysis of SARS-CoV-2-specific N1 and N2 Ct values plotted against the Log copies. Results for N1 (A) and N2 (B) are presented. N1-TP and N2-TP: Ct values for N1 and N2, respectively, in TaqPath 1-step real-time RT-qPCR MM. N1-TM and N2-TM: Ct values for N1 and N2, respectively, in TaqMan FAST virus 1-step MM. The table shows the slope, efficiency, and R2 values.




Process efficiency and analytical sensitivity (LOD)

The sensitivity and linearity of this process were assessed by preparing serial dilutions (fivefold and twofold) of heat-inactivated virus in specimen medium (VTM/pooled Negative NPS/pooled negative saliva). For each dilution, a 40-μl aliquot (in triplicate) adjusted to 400 μl with specimen medium (simulated pool scenario) was processed for nucleic acid extraction and real-time PCR. Linear regression analysis of target (N1 and N2) specific Ct values and log copies showed that efficiencies are well within the acceptable range of ~95%−103% (for N1) and ~87%−98% (for N2) on different cyclers and master mixes tested. Standard curves generated with both master mixes reflect that the N1 assay showed no Ct difference between TP-MM and TM-MM, whether the virus was spiked into VTM or saliva (Figures 2A, 3A); however, the N2 assay with TM-MM resulted in lower Ct values (Figures 2B, 3B), suggesting that the N2 assay has better sensitivity with TM-MM. The observed Ct difference [Ct(TP − MM) – Ct(TM − MM)] for N2 is in the range of ~0.89–2.02 in the VTM matrix and 1.14–2.34 in the saliva matrix, at the copies used to generate standard curves. This Ct difference tends to be more pronounced when template copies are low. In our experiments, we observed that the N1 assay has better sensitivity than the N2 assay, and this is also in agreement with reported observations (6, 56). Comparison of N1 and N2 standard curves also showed that whether the virus was spiked into pooled negative saliva, pooled negative NPS, or VTM (specimen collection medium), the entire process performed very similarly (Figures 4A, B), suggesting that the specimen matrix has no impact on the process efficiency.
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FIGURE 4
 (A, B) Analytical efficiency of N1 and N2 assays with nucleic acids prepared from VTM, pooled negNPS, or pooled negsaliva as specimen matrix. Serial dilutions of heat-inactivated SARS-CoV-2 virus were prepared in different specimen matrices and processed for nucleic acid extraction followed by real-time PCR using TM-MM. Ct values were compared by linear regression analysis against the Log copies used. The table shows the slope, efficiency, and R2 values.


The analytical sensitivity of this methodology was determined by LOD studies in two steps as recommended by the CDC protocol (5). Initially, an approximate LOD was estimated using dilutions of SARS-CoV-2 spiked into different specimen media (VTM, PBS, and pooled negative saliva). Based on the initial results, the final LOD of the process was determined by using 20 replicates each consisting of 40 μl of virus stock (80 copies) in a final volume of 400 μl (adjusted with appropriate specimen medium) and being processed for nucleic acid extraction followed by real-time PCR. This methodology resulted in a LOD of 10 copies/qPCR (95% confidence interval), which corresponds to 2,000 copies/ml of an individual specimen (Table 5). Additionally, LOD (10 copies/PCR) remained the same whether we used TP-MM or TM-MM for real-time PCR on multiple instruments (ABI 7500, ABI 7500 Dx, and QuantStudio-6). QuantStudio-6 with a 384-well block can offer high-throughput capability.


TABLE 5 Limits of detection (LOD) of pooling-based methodology.
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Saliva is as good a specimen as NPS for SARS-CoV-2 detection

We evaluated the feasibility of using saliva as the specimen medium for this pooling-based methodology. Saliva samples are intrinsically viscous, and accurate dispensing is a major issue in specimen pooling; hence, a proteinase K pretreatment step was included in the process to enable accurate pipetting for pooling. Serial dilutions of the virus spiked into pooled negative saliva, VTM, and pooled negative NPS performed similarly and resulted in highly comparable efficiencies (Figures 4A, B), maintaining the same analytical sensitivity (Table 5). The entire process from sample to result involves the same steps for NPS specimens and saliva specimens, except for an additional proteinase K treatment step prior to saliva pooling (Figure 5). These results suggest that this methodology is also well-suited for saliva specimens in addition to NPS samples.
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FIGURE 5
 Workflow outline for surveillance screening for SARS-CoV-2. Pooled testing of NPS and saliva specimens (top panel). Workflow for individual sample analysis from positive pools (bottom panel).




PBS as the transport medium

Due to the supply shortages of collection tubes containing VTM early in the pandemic and to add flexibility to certain DA medical units, we evaluated PBS as an alternative transport medium. SARS-CoV-2 spiked into PBS showed comparable performance to the same amount of virus spiked into VTM without any significant difference in the Ct values or in the LOD achieved (Table 5; 10 copies/qPCR), suggesting the suitability of PBS as an alternate transport medium. We also evaluated the stability/detectability of the virus stored at +4°C in VTM or in PBS and found that the virus is stable in both media for at least 96 h upon storage at +4°C suggesting that samples can be stored at +4°C and pooled without any loss of sensitivity (Supplementary Table 1). Although we tested for up to 96 h only (at +4°C), a comprehensive study showed that the virus is stable for longer than 96 h in PBS (57).



NPS samples collected in PBS and VTM can be combined for pooled testing

While preparing the pools, it is likely that we may have some specimens in VTM and others in PBS. We verified the compatibility of preparing 10-sample pools from samples collected on these two different types of transport media. Different ratios of VTM and PBS (Ratio of % VTM vs. % PBS = 80:20; 60:40; 40:60; and 20:80) mixtures were spiked with known copies of the heat-inactivated SARS-CoV-2 virus. Nucleic acids were extracted and analyzed by real-time PCR. Our results suggest that pools prepared can have some samples collected in VTM and some in PBS (Supplementary Table 2).





Discussion

Pooled testing is an effective way to expand analytical capacity in large-scale SARS-CoV-2 testing. A major drawback of most pooling methods (16–19, 25, 26) is the loss of sensitivity due to sample dilution and the potential for false negatives, particularly when the viral load in the sample is at or near the limit of LOD of the assay. Several studies addressed whether group testing is possible in clinical and public health settings to increase analytical capacity. Early studies using clinical samples addressed whether an individual positive sample would also be positive as part of a pool (16–19). Despite the observed Ct increase due to pooling (loss of sensitivity/dilution effect), their results showed specimen pooling maintained diagnostic sensitivity and suggested that pooled testing can be effective and increase the test capacity in low-prevalence situations. This is based on the positive agreement between the pool vs. individual test results and not so much on whether there is a Ct shift. Generally, clinical samples tend to have very high viral loads (low Ct values), and for samples with a high viral load (≥pool size × LOD), the sample dilution may not impact the final readout (positive pool vs. individual positive); however, when the viral loads are low and close to the LOD, the potential for false negatives due to sensitivity loss is a concern in pooled testing (16, 18, 21). Most pooling studies focus more on reporting the outcome of their surveillance analysis than developing a robust approach that any laboratory can adopt in a high-throughput situation. Our study addresses developing a methodology to mitigate the issue of sensitivity loss due to pooled testing. This methodology is developed such that any laboratory can apply this approach and avoid the possibility of false negatives, and it has a built-in ability to change the pool size (of up to 10 samples), offering additional versatility to researchers.

Detection methods developed for SARS-CoV-2 are intended for testing samples individually (un-pooled). These methods typically use a fixed sample input volume and elution volume during viral RNA extraction (Figure 1; Panel-I). Such a 1:1 relationship between the sample input volume and the nucleic acid elution volume is a key aspect of the well-established CDC 2019-nCoV Real-Time RT-PCR diagnostic panel (5). Adopting methods meant for single-sample analysis for pooled testing by mixing equal volumes of multiple samples leads to sample dilution (Figure 1; Panel-II, Method-A); however, if the initial dilution resulting from multi-sample pooling is compensated by appropriate concentration step(s), then such an approach would overcome the dilution effect. In this study, we employed this strategy through seamless concentration during the nucleic acid extraction and in real-time PCR (Figure 1; Panel-II, Method-B). We evaluated this by using controlled laboratory-created pools as well as surveillance samples and demonstrated that loss of sensitivity due to pooling can be avoided.

Our validation studies clearly demonstrated that this pooling approach is effective in mitigating the dilution effect and results in no loss of sensitivity (Tables 1–3). A single positive in a 10-sample pool resulted in a Ct value comparable to that of the individually analyzed positive sample. This approach can be used with a pool size of up to 10 samples and allows the selection of an appropriate pool size depending on the disease prevalence by adjusting the input and elution volumes appropriately without compromising sensitivity. For example, this could be done with five-sample pooling or with a binary approach, analyzing positive 10-sample pools further as two sub-pools of 5 each (58). Pools with size larger than 10 have not been evaluated in our study. Unless the disease prevalence is extremely low, pooling samples in such high numbers (>10) may not be beneficial (27–29). Successful implementation of group testing relies on key parameters such as the LOD of the process, the sensitivity of the methodology used, and knowledge of disease prevalence to select the appropriate pool size. The use of extracted RNA to assess the efficiency or LOD does not take the nucleic acid extraction step into consideration (6); hence, the efficiency may not reflect the entire process's performance. We evaluated the efficiency and analytical sensitivity of the entire process starting from the sample and achieved a LOD of 10 copies/qPCR (95% confidence interval, CI), which is comparable to the LOD (~15.8 copies/PCR) reported by the CDC (5). Process efficiencies for N1 and N2 assays are well within an acceptable range (59, 60). Our analysis also included multiple real-time PCR instruments and two different master mixes (TP-MM and TM-MM) to provide much-needed flexibility while maintaining the same analytical sensitivity and similar efficiency, demonstrating the robustness of the process and assay performance. The N1 assay performed equally well in both master mixes at all the concentrations of the virus tested, while the N2 performed better in TM-MM and is a preferred alternative to TP-MM (based on our studies), at least for surveillance purposes. Earlier studies also reported that TM-MM is suitable for SARS-CoV-2 testing by real-time PCR (61, 62). SARS-CoV-2 spiked into multiple specimen media (VTM, pooled negative NPS, and pooled negative saliva) resulted in the same analytical sensitivity (Table 5) and high concordance in standard curve results (Figure 4), suggesting that saliva is as good a specimen as NPS for detecting the virus by this approach. In addition to avoiding the loss of sensitivity, this comprehensive methodology (Figure 5) has several clear advantages: (a) it is well optimized using a reference virus of known copies; (b) it uses the CDC protocol (5) for single sample analysis as a benchmark; (c) it includes a heat inactivation as the first step (62–65) to ensure safer handling of specimens and minimize the risk to the personnel while preparing multi-sample pools; (d) it includes MS2-EC to closely monitor the nucleic acid extraction step of the process; and (e) it is compatible with automation.

Pooling multiple swabs into one tube is another method that can avoid the dilution effect (22–24); however, this approach requires the collection of two swabs from every individual initially or to retest individuals from a positive pool. Collecting two swabs is very inconvenient and uncomfortable for the individual. Analysis of pools with varying Ct values prepared by spiking SARS-CoV-2 positive specimens into a SARS-CoV-2 negative matrix (pool size = 10) showed that there is no loss of sensitivity (20, 21). In one study (21), the researchers observed a false negative rate of 13.3% when Ct values were >35. A rigorous evaluation of LOD or linearity (using standard curves) is difficult with clinical samples where the copy numbers of the virus are not known other than Ct values. Our methodology used a reference virus of known copies to develop comprehensive validation data to establish the proof of concept, LOD, and process efficiency with the same controlled reagents and workflow process for analyzing individual samples or pools. The CDC has provided recommendations and guidance to mitigate sensitivity loss in pooled testing for diagnostic use (5). It recommends using a pool size of no more than four samples and adjusting the input volume and elution volume of the 4-sample pool to compensate for the dilution effect. It also provides qualitative test results for individual vs. pooled specimens. In contrast to the CDC-recommended pooling method, which is intended for diagnostic use, the primary objective of our methodology is to introduce the capability to pool up to 10 samples to allow high-throughput screening of asymptomatic individuals for public health purposes.

An important concern with real-time PCR-based pooled testing involves samples, either as un-pooled individuals or as pools, with Ct values in the range of >LOD and <Ct 40. These Ct values fall outside of the LOD (95% CI) and will have a much lower detection CI; therefore, depending on the percentage of such data points, the overall outcome may be impacted. Over the course of a pandemic, the Ct value distribution changes considerably, and Ct values tend to be higher when the positivity rate goes down, indicating a lower viral load (66). Technical issues associated with assembling real-time PCR can also introduce variables, particularly for samples with a very low viral load (>LOD). Instead of testing each target (N1, N2, and RP or MS2) with a single RT-qPCR test/sample (pool or individual), a multiplex PCR with three replicates would increase the robustness of the test while maintaining the same number of tests per sample. This is one way to mitigate such technical variables. It is possible to integrate automation into our method by employing a liquid-handling robot for specimen pooling and for real-time PCR set-up. Our methodology clearly demonstrates that by appropriately concentrating the nucleic acid as a part of the process, one can avoid the dilution effect and loss of sensitivity. The underlying framework of this approach can also be applied in designing a methodology for pooling-based large-scale surveillance efforts in combating future pandemics.

Our study has some limitations. We used a limited number of surveillance samples in the form of NPS to demonstrate the proof of principle. We do not have a large collection of either NPS or saliva samples to conduct a retrospective study in a real-life situation to glean data on its performance in a high-throughput environment. While this is the intended purpose, at present we do not have any data on our method's real-life performance. Second, we have not evaluated our methodology on other nucleic acid extraction platforms except the MagMAX 96/KingFisher Flex systems. It is possible that some laboratories may not have this instrument; however, we believe that in principle, any magnetic bead-based nucleic acid extraction platform that can accept 0.5–1.0 ml of sample input with an elution volume of 50–100 μl capacity, such as the Roche MagNA Pure 96, can be used.

In the context of public health within the Department of the Army, through which this study was funded, screening all asymptomatic service members regularly in a clinical setting would require large amounts of diagnostic-grade reagents and would likely exceed available clinical testing capacity, as was often observed during the COVID-19 pandemic. This urgent testing need was met successfully by implementing our screening approach in 10-sample pools. This pool size allowed us to screen Soldiers in small groups for the presence of SARS-CoV-2, and only individuals from the positive pools were then required to undergo clinical testing. This method received accreditation from the American Association for Laboratory Accreditation (A2LA) and was implemented as a part of the comprehensive SARS-CoV-2 surveillance effort (67) at the Army Public Health Center (APHC), presently the Defense Centers for Public Health-Aberdeen (DCPH-A).
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SUPPLEMENTARY TABLE 1
 SARS-CoV-2 virus is stable in VTM or PBS for at least 96 h at +4°C. Known copies of SARS-CoV-2 spiked (80 copies/400 μl) into VTM or PBS and stored at +4°C for 24 and 96 h. Control tubes were not stored and processed immediately. At the end of 24 h and 96 h of storage, these samples were processed for nucleic acid extraction and real-time PCR using SARS-CoV-2-specific N1 and N2 assays. The experiment was performed with five replicates for each time point (80 copies/400 μl equals 10 copies/qPCR). The data presented here are mean ± SD. We used TaqPath 1-step MM and an ABI 7500 Dx real-time PCR cycler.

SUPPLEMENTARY TABLE 2
 Pooling of NPS specimens collected both in VTM and PBS. While preparing the pools, it is likely that we will have some specimens in VTM and others in PBS. We verified whether 10-sample pools can be prepared by combining samples collected in these two different types of transport media. Different ratios of VTM and PBS (ratio of % VTM vs. % PBS = 80:20; 60:40; 40:60; 20:80) were prepared, and 400 μl of such a mixture was spiked with 80 copies of the heat-inactivated SARS-CoV-2 virus. The extracted nucleic acids were eluted into 80 μl of elution buffer and used 10 μl (equal to 10 copies, which is at LOD) each for N1- and N2-specific real-time PCR.



References

 1. World Health Organization. Novel Coronavirus (2019-nCoV): Situation Report, 1. Geneva: World Health Organization (2020). Available online at: https://apps.who.int/iris/handle/10665/330760 (accessed July 31, 2023).

 2. Zhu N, Zhang D, Wang W, Li X, Yang B, Song J, et al. The China Novel Coronavirus Investigating and Research Team. A novel coronavirus from patients with pneumonia in China, 2019. N. Engl. J. Med. (2020). 382:727–33. doi: 10.1056/NEJMoa2001017

 3. Yang P, Wang X. COVID-19: a new challenge for human beings. Cell Mol Immunol. (2020) 17:555–7. doi: 10.1038/s41423-020-0407-x

 4. Lai C-C, Shih T-P, Wen-Chien Ko W-C, Tang H-J, Hsueh P-R. Severe acute respiratory syndrome coronavirus-2 (SARS-CoV-2) and coronavirus disease-2019 (COVID-19): the epidemic and the challenges. Int J Anti-microb Ag. (2020) 55:105924. doi: 10.1016/j.ijantimicag.2020.105924

 5. CDC 2019-Novel Coronavirus (2019-nCoV) Real-Time RT-PCR Diagnostic Panel. Available online at: https://www.fda.gov/media/134922/download (CDC-006-00019, Revision: 06, Dec-2020 and CDC-006-00019, Rev-8, March 2023).

 6. Lu X, Wang L, Sakthivel SK, Whitaker B, Murray J, Kamili S, et al. US CDC real-time reverse transcription PCR panel for detection of severe acute respiratory syndrome coronavirus 2. Emerg Infect Dis. (2020) 26:1654–65. doi: 10.3201/eid2608.201246

 7. Information about Emergency Use Authorization for 2019 Novel Coronavirus (2019-nCoV) Real-Time RT-PCR Diagnostic Panel. Available online at: https://www.fda.gov/media/134919/download (accessed May 02, 2020).

 8. Peirlinck M, Linka K, Costabal FS, Bhattacharya J, Bendavid E, Ioannidis J, et al. Visualizing the invisible: the effect of asymptomatic transmission on the outbreak dynamics of COVID-19. Comput Methods Appl Mech Eng. (2020) 372:113410. doi: 10.1016/j.cma.2020.113410

 9. Li R, Pei S, Chen B, Song Y, Zhang T, Yang W, et al. Substantial undocumented infection facilitates the rapid dissemination of novel coronavirus (SARS-CoV-2). Science. (2020) 368:489–93. doi: 10.1126/science.abb3221

 10. Zou L, Ruan F, Huang M, Liang L, Huang H, Hong Z, et al. SARS-CoV-2 viral load in upper respiratory specimens of infected patients. N Engl J Med. (2020) 382:1177–9. doi: 10.1056/NEJMc2001737

 11. Furukawa NW, Brooks JT, Sobel J. Evidence supporting transmission of severe acute respiratory syndrome corona virus 2 while presymptomatic or asymptomatic. Emerg Infect Dis. (2020) 26:e201595. doi: 10.3201/eid2607.201595

 12. Rasmussen AL, Popescu SV. SARS-CoV-2 transmission without symptoms. Science. (2021) 371:1206–7. doi: 10.1126/science.abf9569

 13. Qiu X, Nergiz AI, Maraolo AE, Bogoch II, Low N, Cevik M, et al. The role of asymptomatic and pre-symptomatic infection in SARS-CoV-2 transmission- a living systematic review. Clin Microbiol Infect. (2021) 27:511–9. doi: 10.1016/j.cmi.2021.01.011

 14. Nikolai LA, Meyer CG, Kremsner PG, Velavan TP. Asymptomatic SARS coronavirus 2 infection: invisible yet invincible. Int J Infect Dis. (2020) 100:112–6. doi: 10.1016/j.ijid.2020.08.076

 15. Dorfman R. The detection of defective members of large populations. Ann Math Statis. (1943) 14:436–40. doi: 10.1214/aoms/1177731363

 16. Ben-Ami R, Klochendler A, Seidel M, Sido T, Gurel-Gurevich O, Yassour M, et al. Large-scale implementation of pooled RNA extraction and RT-PCR for SARS-CoV-2 detection. Clin Microbiol Infect. (2020) 26:1248–53. doi: 10.1101/2020.04.17.20069062

 17. Abdalhamid B, Bilder CR, McCutchen EL, Hinrichs SH, Koepsell SA, Iwen PC, et al. Assessment of specimen pooling to conserve SARS CoV-2 testing resources. Am J Clin Pathol. (2020) 153:715–8. doi: 10.1093/ajcp/aqaa064

 18. de Salazar A, Aguilera A, Trastoy R, Fuentes A, Alados JC, Causse M, et al. Sample pooling for SARS-CoV-2 RT-PCR screening. Clin Microbiol Infect. (2020) 26:1687.e1–5. doi: 10.1016/j.cmi.2020.09.008

 19. Hirotsu Y, Maejima M, Shibusawa M, Nagakubo Y, Hosaka K, Amemiya K, et al. Pooling RT-qPCR testing for SARS-CoV-2 in 1000 individuals of healthy and infection-suspected patients. Sci Rep. (2020) 10:18899. doi: 10.1038/s41598-020-76043-z

 20. Aubry M, Teiti I, Teissier A, Richard V, Mariteragi-Helle T, Chung K, et al. Self-collection and pooling of samples as resources-saving strategies for RT-PCR-based SARS-CoV-2 surveillance, the example of travelers in French Polynesia. PLoS ONE. (2021) 16:e0256877. doi: 10.1371/journal.pone.0256877

 21. Wacharapluesadee S, Kaewpom T, Ampoot W, Ghai S, Khamhang W, Worachotsueptrakun K, et al. Evaluating the efficiency of specimen pooling for PCR-based detection of COVID-19. Med Virol. (2020) 92:2193–9. doi: 10.1002/jmv.26005

 22. Schmidt M, Hoehl S, Berger A, Zeichhardt H, Hourfar K, Ciesek S, et al. Novel multiple swab method enables high efficiency in SARS-CoV-2 screenings without loss of sensitivity for screening of a complete population. Transfusion. (2020) 60:2441–7. doi: 10.1111/trf.15973

 23. Christoff AP, Cruz GNF, Sereia AFR, Boberg DR, de Bastiani DC, Yamanaka LFV, et al. Swab pooling: a new method for large-scale RT-qPCR screening of SARS-CoV-2 avoiding sample dilution. PLoS ONE. (2021) 16:e0246544. doi: 10.1371/journal.pone.0246544

 24. Chen F, Geng Z, Wang J, Liuchang W, Huang D, Xu Y, et al. Comparing two sample pooling strategies for SARS-CoV-2 RNA detection for efficient screening of COVID-19. J Med Virol. (2021) 93:2805–9. doi: 10.1002/jmv.26632

 25. Yelin I, Aharony N, Tamar ES, Argoetti A, Messer E, Berenbaum D, et al. Evaluation of COVID-19 RT-qPCR test in multi sample pools. Clin Infect Dis. (2020) 71:2073–8. doi: 10.1093/cid/ciaa531

 26. Gupta E, Padhi A, Khodare A, Agarwal R, Ramachandran K, Mehta V, et al. Pooled RNA sample reverse transcriptase real-time PCR assay for SARS CoV-2 infection: a reliable, faster and economical method. PLoS ONE. (2020) 15:e0236859. doi: 10.1371/journal.pone.0236859

 27. Cherif A, Grobe N, Wang X, Kotanko P. Simulation of pool testing to identify patients with coronavirus disease 2019 under conditions of limited test availability. JAMA Netw Open. (2020) 3:e2013075. doi: 10.1001/jamanetworkopen.2020.13075

 28. Pikovski A, Bentele K. Pooling of coronavirus tests under unknown prevalence. Epidemiol Infect. (2020) 148:e183. doi: 10.1017/S0950268820001752

 29. Bilder CR, Iwen PC, Abdalhamid B. Pool size selection when testing for severe acute respiratory syndrome coronavirus 2. Clin Infect Dis. (2021) 72:1104–5. doi: 10.1093/cid/ciaa774

 30. Migueres M, Mengelle C, Dimeglio C, Didier A, Alvarez M, Delobel P, et al. Saliva sampling for diagnosing SARS-CoV-2 infections in symptomatic patients and asymptomatic carriers. J Clin Virol. (2020) 130:104580. doi: 10.1016/j.jcv.2020.104580

 31. Caulley L, Corsten M, Eapen L, Whelan J, Angel JB, Antonation K, et al. Salivary detection of COVID-19. Ann Intern Med. (2021) 174:131–3. doi: 10.7326/M20-4738

 32. Goldfarb DM, Tilley P, Al-Rawahi GN, Srigley JA, Ford G, Pedersen H, et al. Self-collected saline gargle samples as an alternative to health care worker-collected nasopharyngeal swabs for COVID-19 diagnosis in outpatients. J Clin Microbiol. (2021) 59:e02427-20. doi: 10.1128/JCM.02427-20

 33. Kandel CE, Young M, Serbanescu MA, Powers JE, Bulir D, Callahan J, et al. Detection of severe acute respiratory coronavirus virus 2 (SARS-CoV-2) in outpatients: a multicenter comparison of self-collected saline gargle, oral swab, and combined oral-anterior nasal swab to a provider collected nasopharyngeal swab. Infect Control Hosp Epidemiol. (2021) 42:1340–4. doi: 10.1017/ice.2021.2

 34. Utama R, Hapsari R, Puspitasari I, Sari D, Hendrianingtyas M, Nurainy N, et al. Self-collected gargle specimen as a patient-friendly sample collection method for COVID-19 diagnosis in a population context. Sci Rep. (2022) 12:3706. doi: 10.1038/s41598-022-07690-7

 35. Borghi E, Massa V, Carmagnola D, Dellavia C, Parodi C, Ottaviano E, et al. Saliva sampling for chasing SARS-CoV-2: a game-changing strategy. Pharmacol Res. (2021) 165:105380. doi: 10.1016/j.phrs.2020.105380

 36. Iwasaki S, Fujisawa S, Nakakubo S, Kamada K, Yamashita Y, Fukumoto T, et al. Comparison of SARS-CoV-2 detection in nasopharyngeal swab and saliva. J Infect. (2020) 81:e145–7. doi: 10.1016/j.jinf.2020.05.071

 37. Ott IM, Strine MS, Watkins AE, Boot M, Kalinich CC, Harden CA, et al. Stability of SARS-CoV-2 RNA in nonsupplemented saliva. Emerg Infect Dis. (2021) 27:1146–50. doi: 10.3201/eid2704.204199

 38. Wyllie AL, Fournier J, Casanovas-Massana A, Campbell M, Tokuyama M, Vijayakumar P, et al. Saliva or nasopharyngeal swab specimens for detection of SARS-CoV-2. N Engl J Med. (2020) 383:1283–6. doi: 10.1056/NEJMc2016359

 39. Callahan C, Ditelberg S, Dutta S, Littlehale N, Cheng A, Kupczewski K, et al. Saliva is comparable to nasopharyngeal swabs for molecular detection of SARS-CoV-2. Microbiol Spectr. (2021) 9:e0016221. doi: 10.1128/Spectrum.00162-21

 40. Pasomsub E, Watcharananan SP, Boonyawat K, Janchompoo P, Wongtabtim G, Suksuwan W, et al. Saliva sample as a non-invasive specimen for the diagnosis of coronavirus disease 2019: a cross-sectional study. Clin Microbiol Infect. (2021) 27:285.e1–4. doi: 10.1016/j.cmi.2020.05.001

 41. Carrouel F, Valette M, Perrier H, Bouscambert-Duchamp M, Dussart C, Tramini P, et al. Performance of self-collected saliva testing compared with nasopharyngeal swab testing for the detection of SARS-CoV-2. Viruses. (2021) 13:895. doi: 10.3390/v13050895

 42. Tan SH, Allicock O, Armstrong-Hough M, Wyllie AL. Saliva as a gold-standard sample for SARS-CoV-2 detection. Lancet Respir Med. (2021) 9:562–4. doi: 10.1016/S2213-2600(21)00178-8

 43. Watkins AE, Fenichel EP, Weinberger DM, Vogels CBF, Brackney DE, Casanovas-Massana A, et al. Pooling saliva to increase SARS-CoV-2 testing capacity. medRxiv. (2020). [preprint]. doi: 10.1101/2020.09.02.20183830

 44. Tutuncu EE, Ozgur D, Karamese M. Saliva samples for detection of SARS-CoV-2 in mildly symptomatic and asymptomatic patients. J Med Virol. (2021) 93:2932–7. doi: 10.1002/jmv.26821

 45. Mendoza RP, Bi C, Cheng HT, Gabutan E, Pagaspas GJ, Khan N, et al. Implementation of a pooled surveillance testing program for asymptomatic SARS-CoV-2 infections in K-12 schools and universities. eClinicalMedicine. (2021) 38:101028. doi: 10.1016/j.eclinm.2021.101028

 46. Nacher M, Mergeay-Fabre M, Blanchet D, Benoit O, Pozl T, Mesphoule P, et al. Prospective comparison of saliva and nasopharyngeal swab sampling for mass screening for COVID-19. Front Med. (2021) 8:621160. doi: 10.3389/fmed.2021.621160

 47. Barat B, Das S, De Giorgi V, Henderson DK, Kopka S, Lau KM, et al. Pooled saliva specimens for SARS-CoV-2 testing. J Clin Microbiol. (2021) 59:e02486–20. doi: 10.1128/JCM.02486-20

 48. Esteves E, Mendes AK, Barros M, Figueiredo C, Andrade J, Capelo J, et al. Population wide testing pooling strategy for SARS-CoV-2 detection using saliva. PLoS ONE. (2022) 17:e0263033. doi: 10.1371/journal.pone.0263033

 49. Ventura BD, Cennamo M, Minopoli A, Campanile R, Censi SB, Terracciano D, et al. Colorimetric test for fast detection of SARS-CoV-2 in nasal and throat swabs. ACS Sens. (2020) 5:3043–8. doi: 10.1021/acssensors.0c01742

 50. Centers for Disease Control and Prevention SOP#: DSR-052-05. Available online at: https://www.cdc.gov/coronavirus/2019-ncov/downloads/viral-transport-medium.pdf (accessed July 31, 2023).

 51. O'Connell KP, Bucher JR, Anderson PE, Cao CJ, Khan AS, Gostomski MV, et al. Real-time fluorogenic reverse transcription-PCR assays for detection of bacteriophage MS2. Appl Environ Microbiol. (2006) 72:478–83. doi: 10.1128/AEM.72.1.478-483.2006

 52. Dreier J, Stormer M, Kleesiek K. Use of bacteriophage MS2 as an internal control in viral reverse transcription-PCR assays. J Clin Microbiol. (2005) 43:4551–7. doi: 10.1128/JCM.43.9.4551-4557.2005

 53. Rolfe KJ, Parmar S, Mururi D, Wreghitt TG, Jalal H, Zhang H, et al. An internally controlled, one-step, real-time RT-PCR assay for norovirus detection and genogrouping. J Clin Virol. (2007) 39:318–21. doi: 10.1016/j.jcv.2007.05.005

 54. Chidlow G, Harnett G, Williams S, Levy A, Speers D. Duplex real-time reverse transcriptase PCR assays for rapid detection and identification of pandemic (H1N1) 2009 and seasonal influenza A/H1, A/H3, and B viruses. J Clin Microbiol. (2010) 48:862–6. doi: 10.1128/JCM.01435-09

 55. Hai, R, Collin M., Tsau S., Raygoza D., Morrison J., Carrillo A. J., et al. (2021). Laboratory-developed test for SARS-CoV-2 using saliva samples at the University of California, Riverside. medRxiv. [preprint]. doi: 10.1101/2021.02.21.21251691

 56. Vogels CBF, Brito AF, Wyllie AL, Fauver JR, Ott IM, Kalinich CC, et al. Analytical sensitivity and efficiency comparisons of SARS-CoV-2 RT-qPCR primer-probe sets. Nat Microbiol. (2020) 5:1299–305. doi: 10.1038/s41564-020-0761-6

 57. Perchetti GA, Huang ML, Peddu V, Jerome KR, Greninger AL. Stability of SARS-CoV-2 in phosphate-buffered saline for molecular detection. J Clin Microbiol. (2020) 58:e01094–20. doi: 10.1128/JCM.01094-20

 58. Eberhardt J, Breuckmann NP, Eberhardt CS. Challenges and issues of SARS-CoV-2 pool testing. Lancet Infect Dis. (2020) 20:1233–4. doi: 10.1016/S1473-3099(20)30467-9

 59. Martínez-Murcia A, Navarro A, Garcia-Sirera A, Pérez L, Bru G. Internal Validation of a Real-Time qPCR Kit following the UNE/EN ISO/IEC 17025:2005 for detection of the re-emerging monkeypox virus. Diagnostics. (2023) 13:1560. doi: 10.3390/diagnostics13091560

 60. Ni M, Xu H, Luo J, Liu W, Zhou D. Simultaneous detection and differentiation of SARS-CoV-2, influenza A virus and influenza B virus by one-step quadruplex real-time RT-PCR in patients with clinical manifestations. Int J Infect Dis. (2021) 103:517–24. doi: 10.1016/j.ijid.2020.12.027

 61. Corman VM, Landt O, Kaiser M, Molenkamp R, Meijer A, Chu DK, et al. Detection of 2019 novel coronavirus (2019-nCoV) by real-time RT-PCR. Euro Surveill. (2020) 25:2000045. doi: 10.2807/1560-7917.ES.2020.25.3.2000045

 62. Lista MJ, Matos PM, Maguire TJA, Poulton K, Ortiz-Zapater E, Page R, et al. Resilient SARS-CoV-2 diagnostics workflows including viral heat inactivation. PLoS ONE. (2021) 16:e0256813. doi: 10.1371/journal.pone.0256813

 63. Abraham JP, Plourde BD, Cheng L. Using heat to kill SARS-CoV-2. Rev Med Virol. (2020) 30:e2115. doi: 10.1002/rmv.2115

 64. Patterson EI, Prince T, Anderson ER, Casas-Sanchez A, Smith SL, Cansado-Utrilla C, et al. Methods of inactivation of SARS-CoV-2 for downstream biological assays. J Infect Dis. (2020) 222:1462–7. doi: 10.1093/infdis/jiaa507

 65. Kim YI, Casel MAB, Kim SM, Kim SG, Park SJ, Kim EH, et al. Development of severe acute respiratory syndrome coronavirus 2 (SARS-CoV-2) thermal inactivation method with preservation of diagnostic sensitivity. Microbiol. (2020) 58:886–91. doi: 10.1007/s12275-020-0335-6

 66. Verwilt J, Hellemans J, Sante T, Mestdagh P, Vandesompele J. Evaluation of efficiency and sensitivity of 1D and 2D sample pooling strategies for SARS-CoV-2 RT-qPCR screening purposes. Sci Rep. (2022) 12:6603. doi: 10.1038/s41598-022-10581-6

 67. McGhee LL, Yerramilli SV, Nadolny R, Casal C, Kearney BM, Taylor H, et al. Implementing pool-based surveillance testing for SARS-CoV-2 at the army public health center laboratory and across the army public health laboratory enterprise. Med J. (2021) 83–9.



OPS/images/fpubh-11-1190308-g005.gif
= 2
“Swod Somples. L e .
sava ot 2 <
samples ) nactvoson ) K Oiges - e






OPS/images/fpubh-11-1190308-t001.jpg
TagPath 1-step Master Mix. TagMan FAST Virus 1-step Master Mix.

Pool Individual Pool Individual

Ct mean + Ct mean 4 Ct mean + SD (GAEETE:

30.58 £0.27 31.38£0.33 3021 £0.15 30.60 £0.19
33.57+0.37 33.38 +0.30 30.44 £ 0.10 30.78 £ 0.36






OPS/images/fpubh-11-1190308-g003.gif
Log Copies
Wastormix

i

Tagpat tp . -

TS

y_Siope_Effciency (%)

o2t
5508

Log Copies

®
oo
o7

B

W

EE
3506

(2
285

=3
os7






OPS/images/fpubh-11-1190308-g004.gif
Logcoples Log oples






OPS/images/fpubh-11-1190308-t004.jpg
Positives in the pool Analysis Individual Ct-N1 Ct-N2 Ct-MS2
1D

P7 2 Pool 27.40 27.65 27.88
Individual P7-3 27.60 27.94 27.92
Individual P7-4 29.45 29.82 27.91
P8 2 Pool 30.97 31.66 28.25
Individual P8-4 3141 31.59 28.83
Individual P8-9 30.83 31.61 30.55
P21 2 Pool 29.71 29.89 28.33
Individual P21-8 32.25 32.15 27.58
Individual P21-10 30.40 30.72 27.89
P16 2 Pool 23.28 23.62 27.57
Individual P16-1 36.29 38.12 27.67
Individual P16-7 e 37.34 27.65
Individual P16-9 23.36 23.62 27.78
P30 2 Pool 31.84 3237 28.38
Individual P30-4 32.54 32.32 30.46
Individual P30-7 37.66 37.03 30.35
P32 2 Pool 16.48 16.46 2829
Individual P19-5 16.62 16.66 31.48
Individual P19-7 37.47 - 31.30
Individual P19-8 34.01 35.18 31.26
P1 3 Pool 25.76 26.03 27.77
Individual P1-2 28.97 2971 30.08
Individual P1-3 35.89 35.10 29.70
Individual P1-6 37.60 — 29.87
Individual P1-8 25.54 26.07 30.61
P31 5! Pool 2297 23.29 27.52
Individual P31-3 23.18 23.49 27.40
Individual P31-5 28.25 2827 27.72
Individual P31-7 32.72 32.62 27.60
Individual P31-8 3225 31.67 27.55
Individual P31-10 29.55 30.07 27.83

Ct values for pools and corresponding positive individual samples where a given pool has two or more positive samples. In all these cases, the N1 and N2 Ct values of the pool (in bold)
represented the corresponding N1 and N2 Ct values of the individual sample with the lowest Ct (also in bold) in that pool.

M$2-EC Ct values for pools P30, P32, and P1 are lower by ~2-3 Ct in comparison to the MS2-EC Ct of the corresponding individual sample based on the approach used in individual
sample analysis.

—, no signal.
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Simulated pools and corresponding individual samples were prepared using heat-inactivated SARS-CoV-2, and the nucleic acids were analyzed by real-time PCR. The data presented here are
the mean Ct and = SD of five replicate samples (150 copies/qPCR) from pooled and individual samples prepared in VTM (Table A) and in the saliva matrix (Table B). Real-time PCR was
performed on QuantStudio-6 (Table A) and ABI 7500 Dx (Table B).
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P9 P9-1 31.26 30.89 31.59 31.24 28.74 30.15
P15 P15-1 28.26 28.16 2891 28.31 28.98 31.87
P17 P17-8 29.95 29.38 30.50 29.83 28.34 30.87
P18 P18-6 33.98 34.63 33.29 34.40 28.63 3142
P2 P2-2 33.48 33.93 33.80 33.83 28.15 27.23
P6 P6-2 34.38 3513 34.81 35.02 27.82 27.60
P10 P10-7 33.45 32.84 34.61 34.34 27.65 27.28
P12 P12-9 32.30 32.83 32.69 33.49 27.66 27.82
P13 P13-4 35.85 3591 36.23 35.70 27.63 27.62
P14 P14-1 33.27 32.97 33.51 33.20 — 27.78
P19 P19-10 31.49 31.70 31.72 31.81 28.10 27.71
P25 P25-3 25.76 26.11 26.19 26.34 27.68 27.90
P29 P29-8 35.49 35.55 34.46 34.86 2744 28.00
P27 P27-3 35.48 35.98 35.77 37.01 27.95 27.86

A panel of deidentified surveillance samples (NPS in VIM) consisting of positive pools and corresponding individuals was used. This table shows target-specific Ct values for each pool and its
corresponding positive individual sample.

MS2-EC Ct values for pools P9, P15, P17, and P18 are lower by ~2-3 Ct in comparison to the MS2-EC Ct of the corresponding individual sample based on the approach used in individual
sample analysis.

~, no signal.
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TagPath 1-step MM TagMan FAST Virus 1-step MM

Matrix Copies/ Copies/ get #Pos/ MeanCt Median # Pos./ Mean Ct Median Instrument

PCR mL total EEISIDS Ct total 2= SID), Ct

VIM 10 2,000 N1 19/20 34.46 +0.99 34.38 20720 34.11 & 1.04 33.86 Qs-6
N2 19/20 37.06 4+ 0.98 37.39 20/20 34914 1.02 34.86
N1 20/20 32724058 32.65 20/20 32.58+0.54 32.59 ABI-7500 Dx
N2 20720 35724+ 1.29 35.62 20720 33.20 % 0.68 33.10
N1 20/20 32.824+0.92 32.60 20/20 32.84+0.72 32.89 ABI-7500
N2 20/20 34.86 %+ 1.03 3478 20/20 33.01 4 0.58 32.96

Saliva 10 2,000 N1 20/20 33.87 £ 0.61 33.80 20/20 34.154 1.36 33.67 Qs-6
N2 19120 3657+ 1.21 36.79 20/20 36224072 36.10
N1 20/20 3341082 33.42 20/20 3431081 34.40 ABI-7500 Dx
N2 20720 35.57 +0.57 3551 20720 36.00 & 0.92 35.88
N1 20/20 32,97 £0.59 3294 20/20 34.36 4+ 0.88 34.09 ABI-7500
N2 20/20 3659+ 0.72 36.39 20/20 34.59 % 0.66 34.60

PBS 10 2,000 NI 20/20 34.07 £ 0.87 34.10 ND ND Qs-6
N2 19/20 36.10 % 0.87 35.79 ND ND
N1 20/20 34.00 % 1.00 33.71 20/20 33.67 £ 0.79 33.50 ABI-7500 Dx
N2 20/20 35.30 £ 0.67 35.17 20/20 34.20 % 0.61 34.26
N1 ND ND ND ND ABI-7500
N2 ND ND ND ND

‘The analytical sensitivity (LOD) of the pooling-based methodology was determined by preparing 20 replicate samples with each specimen medium and processed them for nucleic acid extraction
and real-time PCR using TP-MM and TM-MM on three different real-time PCR cyclers.
VM, viral transport medium; PBS, phosphate-buffered saline; QS-6, QuantStudio-6; ND, not done.
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TagPath™ TagMan™

1-step MM FAST Virus

1-step MM

Instrument Assay MeanCt S.D. Mean S.D.
Ct

ABI 7500 Dx N1 29.85 0.10 29.85 0.05

QS-6/96 well N1 30.19 0.00 29.37 0.20

QS-6/384 well N1 30.54 020 3032 0.19

ABI 7500 Dx N2 3127 012 29.85 022

QS-6/96 well N2 30.96 021 29.49 025

Q8-6/384 well N2 31.49 004 30.75 0.06

Heat-inactivated SARS-CoV-2 virus was spiked into VTM and processed for nucleic acid
extraction and real-time PCR (150 copies/qPCR). The data presented is the mean Ct & SD
of five replicates. QS-6 is QuantStudio-6.
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