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Conservation Strip Tillage Leads to Persistent Alterations in the Rhizosphere Microbiota of Brassica napus Crops
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Microbes play vital roles in many soil ecosystem functions and services, which are crucial for agricultural productivity. Among different agricultural management practices, soil tillage methods can result in changes in a soil's physical, chemical and biological properties, including the soil microbiome. In addition, crop type and the plant developmental stage are important drivers of rhizosphere bacterial microbiota structure and composition. Here, we have used high-throughput, 16S amplicon sequencing to explore the rhizosphere bacterial structure and composition of Brassica napus (winter oilseed rape) in two contrasting tillage practices; conventional-plough based tillage and conservation strip tillage, over three different plant growth stages (vegetative, flowering and harvesting stage). This was the first year that conservation strip tillage was used in this field, as in previous years plough based tillage practices has been used. Our findings show that tillage and growth stages were important determinants of microbial community structure and composition, but the effect of tillage became stronger at plant maturity. The combined effect of conservation strip tillage and harvesting stage had a impact on the rhizosphere microbiota selection. The rhizosphere bacterial community of winter oilseed rape under conservation strip tillage was different to that under conventional tillage. Our data suggests that different tillage regimes created distinct ecological niches that selected different microbiota with potential consequences for the ecosystem services provided to the plants and the soil environment.
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INTRODUCTION

Soil is one of the richest, most diverse and wide-ranging ecosystems on earth. It provides many essential ecosystem services and products such as nutrient cycling, water filtration and a growth medium for food production (1). The provision of these ecosystem services are mostly driven by the complex interactions of soil biota and abiotic parameters (2). Soil microbes are sensitive and rapid indicators of perturbations and land use changes. Thus, the quantitative description of soil biota structure, composition and diversity is a potential tool for soil quality assessment (3).

Tillage systems are one of the most Important agricultural management practices which can alter the soil's physical, chemical and biological properties. These changes ultimately influence soil microorganism diversity, community structure and soil microbial processes (4–7). Conventional plough tillage is the most common tillage system utilized by farmers. It involves the inversion of the soil, to a depth of ~25–30 cm by mouldboard ploughing. This mechanical disruption of soil may adversely affect long-term soil productivity due to soil compaction, erosion and loss of soil organic matter (4). As a result, farmers are showing interest in alternative, conservation tillage systems which minimizes soil disturbance and helps to maintain soil productivity (8).

Several studies have reported the effect of agricultural management and tillage practices on soil microbial communities (6, 7, 9–13). However, for many crops, including Brassica napus (Oilseed rape), the impact of tillage practices on the rhizosphere microbiota are not well-understood. Rhizosphere microbes are critical in supporting the exchange of resources between the plant and its associated soil environment. Rhizosphere processes contribute to plant health and development, disease suppression and ultimately to crop productivity (14). However, soil microbes are affected by various abiotic factors such as soil texture, moisture, pH, organic matter content, oxygen and nutrient availability, soil aeration, temperature and biotic factors such as plant communities, and the presence of other soil organisms like fungi and soil fauna (10, 13, 15–18). Many researchers have reported that some of these parameters are altered, to various degrees, by the different tillage practices utilized by farmers (4, 10, 18–21). This disturbance may influence the soil microbial communities and associated ecosystem services.

In addition to tillage practices, plant developmental stages are also an important driver of bacterial community structure and composition (6, 22–24). The dynamics of bacterial community changes over the life-time of a plant are mainly brought about by root development and associated changes in rhizodeposition (25). Earlier studies have reported the impact of growth stages on soil and rhizosphere microbial community structure and dynamics, under field and glasshouse conditions (22, 24, 26, 27). However, these studies have not reported the interaction of tillage practices and plant growth stages on the rhizosphere microbiota of Brassica napus. In the current study we attempted to understand the effect that conservation strip tillage has on the rhizosphere microbiome associated with winter Oilseed rape (wOSR) at three different developmental stages. We used the microbiome of bulk and rhizosphere soil under conventional tillage as a reference to identify any potential changes in the microbiome for the bulk and rhizosphere soil as a result of conservation strip tillage.



MATERIALS AND METHODS


Experimental Design

The plant and soil samples for this study were taken from a field experiment evaluating the effect of crop establishment systems on the growth and development of wOSR. The establishment systems comprised of: (1) a conventional plough-based system (CT) and (2) a low-disturbance conservation strip tillage (ST) system. The conventional establishment system comprised of mouldboard ploughing which inverted the soil to a depth of 230 mm, 2 days prior to sowing. The ploughed soil then received secondary ploughing to 100 mm depth with a rotary power harrow and the wOSR was sown at 10 mm depth at row spacing of 125 mm using a conventional mechanical delivery seed drill operated in combination with the power harrow. The conservation strip tillage (ST) establishment system deployed was a non-inversion system, comprised of a single cultivation/seeding pass of a rigid leg cultivator with legs spaced at 600 mm apart which were operated at 200 mm depth. These forward-facing tines, with side “wings” giving additional soil disturbance, worked directly in the cereal residue of the previous crop, disturbing ~50% of the surface width between the legs. This was the first year that ST was used in this field, as in previous years plough based tillage practices has been used. Seeding was by metered pneumatic delivery of seed to a point behind the cultivator leg, giving a row spacing of 600 mm. For the microbiota studies, plant and soil samples were taken from these two establishment systems (CT and ST) in three replicated plots. The trial was a randomized block design with individual plot dimensions of 24 × 4.8 m and was located in an area known locally as the sawmill field at the Teagasc Crop Research Centre, Oak Park, Carlow, Ireland (52.857478°N, −6.922467°W). The previous crop was winter barley and cereal crops had been sown for more than 5 years previously. The wOSR variety “Compass” was sown at a seed-rate of 60 seeds/m2 on August 28th, 2013 in both establishment systems. Subsequent to seeding, the soil surface was rolled using a ring roller. The topsoil was a well-drained sandy loam overlying inter-bedded layers of sand, gravel and silt/clay. According to WRB classification (28), the site represented a Haplic Cambisol. The topsoil had a sand content of 50–70% with <20% clay. Physical and chemical characterization of the soil substrates used in this study described in Table 1. Crop management, other than crop establishment, followed standard practices for wOSR production in this region. A pre-emergence selective herbicide (quinmerac and metazachlor) was applied post-seeding for weed control. The crop received two fungicide applications (prothioconazole) in October and March for phoma stem canker (Leptosphaeria sp.) and light leaf spot (Pyrenopeziza brassicae) control. Phosphate (P) and potassium (K) fertilizers were applied on the basis of soil test results post-sowing according to Teagasc guidelines (29). Fertilizer N (a total of 225 kg N/ha) was applied in three equal applications at 2-week intervals starting in late February.


Table 1. Soil descriptions of the experimental site.

[image: Table 1]



Sample Collection and DNA Extraction

Bulk soil and root samples were collected from the CT and ST treatments from three blocks per treatment at three different plant developmental stages: vegetative stage (~120 days after sowing), flowering stage (~240 days after sowing), and at harvesting (~330 days after sowing) stage. Bulk soil samples were collected from a depth of 0–25 cm, in triplicate from the edges of each plot, using a hand auger. For each plot, composite soil samples were prepared by thoroughly mixing the triplicate samples and a representative subsample of this was collected in sterile 50 mL Falcon tubes. Triplicate plants were sampled per plot. The excess soil was removed from the roots by manual shaking. The rhizosphere soil attached to the root was scraped off with a sterile forceps into sterile 50 mL Falcon tube and thoroughly mixed. All the samples were stored in −80°C until required for DNA extraction.

DNA extractions were performed on 3 bulk soil and 3 rhizosphere soil samples per plot with 3 plots per treatment (CT and ST). For DNA extraction, 0.25 g of soil was taken individually from each soil sample and processed according to the protocol from MoBio PowerSoil™ DNA isolation kit (Carlsbad, CA, United States). Total soil DNA was eluted in 50 μL of sterile water (Sigma–Aldrich). Concentration and purity of DNA was determined by Qubit 4 fluorimeter and Nanodrop spectrophotometry (Thermo Scientific, Wilmington, DE, United States), respectively. Post-quantification, all DNA samples were normalized to 10 ng/μL. The number of DNA samples per treatment was 3 (n = 3).



Library Preparation of 16S rRNA Gene Amplicon

The amplicon library of bacterial DNA was generated using the PCR primers: 341F (5′-TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGCCTACGGGNGGCWGCAG-3′), 785R (5′-GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGGACTACHVGGGTATCTAATCC-3′), with Illumina adapter overhang sequences (underlined) which covered ~464 bp of the hypervariable regions V3 and V4 of the 16S rRNA gene (30). Amplicons were generated, purified, indexed and sequenced with some modifications according to the Illumina MiSeq 16S Metagenomics Sequence Library Preparation protocol (16S-Metagenomic-library-prep, 2014). An initial PCR reaction contained 25 μL of 2 × KAPA HiFi Hotstart ReadyMix (KAPA Biosystems, Wilmington, MA, United States), 1 μL of forward primer (1 μM), 1 μL of reverse primer (1 μM), 2.5 μL of DNA (~10 ng/μL) and 20.5 μL of nuclease free H2O in a total volume of 50 μL. The PCR reaction was performed on a 96-well Thermocycler using the following program: 95°C for 3 min, followed by 25 cycles of 95, 55, and 72°C for 30 s and a final extension step at 72°C for 5 min. All amplicons were cleaned using Ampure DNA capture beads (Agencourt-Beckman Coulter; Inc.) following addition of Illumina sequencing adapters and dual-index barcodes to each amplicon with the Nextera-XT Index kit (Illumina Inc., San Diego, CA, United States) according to the manufacturer's instructions. The amplicon libraries were pooled in equimolar concentrations. The final library was paired end sequenced at 2 × 300 bp using a MiSeq Reagent Kit v3 on the Illumina MiSeq platform. Sequencing was performed on the Next Generation Sequencing Platform at Teagasc Moorepark Research Centre, Fermoy, Cork, Ireland.



Amplicon Data Analysis

16S rRNA gene sequences were analyzed using USEARCH v9 32 bit (31) and QIIME, v1.9.0 (Quantitative Insight into Microbial Ecology) (32), unless otherwise specified the default parameters were used. Paired-end reads were merged using the command fastq merge pairs in USEARCH by specifying a minimum overlap of 16 bp. Barcode sequences were removed from the merged paired-end sequences using the command extract_barcodes.py in QIIME. We used USEARCH to demultiplex the pre-processed sequencing reads and to generate a quality report. We used the fastq_filter function in USERACH to truncate all the reads to a length of 400 bp and discard sequences shorter than this length and sequences that contained more than four expected continuous base errors per read. The retained high-quality sequencing reads then clustered into operational taxonomic units (OTUs) at 97% sequence identity using the USERACH pipeline. Singletons were discarded from further analysis and the “Gold” reference database was used to identify and remove chimeras. Taxonomic classification of OTU-representative sequences was performed in QIIME using RDP (Ribosomal Database Project) classifier (33) trained against the Greengenes database (34), release 13_5. Likewise, we used OTU representative sequences to generate a phylogenetic tree in QIIME using “Phynast” as alignment method. The generated OTU table, taxonomy information and phylogenetic tree were used to implement the ecological and statistical analyses. The analysis generated 1,823,764 sequence reads of which 1,524,423 (~86.1% total sequence reads) were retained upon quality trimming, 1,400,091 were retained after removing de-replicate sequence reads and 1,049,731 sequence reads were retained upon singletons removal. These 1,049,731 sequence reads were clustered into 3,755 OTUs at > 97% sequence similarity. After removal of chimeric and a small fraction of plant derived (chloroplast/ mitochondria) OTUs, 3,594 OTUs were used for the downstream analysis.



Statistical Analysis

Data analysis and visualization were performed using Phyloseq (35) package from R operated through R Studio v 0.99.893. All OTUs belonging to chloroplast and mitochondria were identified and removed from the data set prior the analysis. For alpha diversity analysis, observed OTUs, Chao1 and Shannon indexes, normal distribution of the data were checked with the Shapiro-Wilk test. Significant differences in the variance of parameters were evaluated, depending on the distribution of the estimated parameters, with analysis of variance (ANOVA) to identify significant differences between the plant developmental stages, two tillage systems and microhabitat zones. Post-hoc comparisons were conducted using the Tukey test. For such analysis, sequencing reads of soil samples were rarefied at an even sequencing depth of 5,025 reads per sample. To compare community diversity between the samples (beta-diversity), Principal Coordinate Analysis (PCoA) based on Bray-Curtis, sensitive to OTU abundances, and Weighted UniFrac (WUF), sensitive to OTU abundances and taxonomic affiliation, distances were calculated by using counts per million transformed OTU abundances. Permutational multivariate analysis of variance using distance matrices was performed in R using the -adonis function to define the strength and significance of tillage and/or microhabitat zone in determining variation of microbial abundances over the growth stages of wOSR. A differential analysis of the OTUs relative abundances using moderated shrinkage estimation for dispersions and fold changes as an input for a pair-wise Wald test was carried out in DESeq2 package from R version 1.14.1 (36). This test identifies the number of OTUs significantly enriched or depleted (by at least one order of magnitude) between different samples (i.e., between different developmental stages, microhabitats or tillage practices, with an adjusted P-value (False Discovery Rate, FDR P < 0.05). ANOVA analysis was carried out to see the effect of plant developmental stages, tillage and microhabitat zones on the top nine most abundant bacterial phyla. Relative abundance was calculated on the rarefied dataset for such analysis. For bacterial taxonomic classification at phylum and family level, the abundance data were transformed in percentage to calculate the percent relative abundance. In addition, ANOVA analysis was calculated of normally distributed bacterial sequence reads at phylum level, to see the effect of plant developmental stages, tillage practices and microhabitat zones of the top nine most abundant bacterial phyla (with an alpha level of 0.05). Phylum level abundance was calculated based on the number of sequence reads classified to phylum level.




RESULTS

The influence of tillage practices, [conventional tillage (CT) and conservation strip tillage (ST)] on the bacterial communities in the bulk soil and rhizosphere over three growth stages of wOSR was analyzed by amplicon (16S rRNA) next generation sequencing (NGS) Illumina MiSeq platform.

Our analysis showed that there were 386 OTUs shared among the 18 rhizosphere samples analyzed in our study (CT and ST plots). OTU1 (f_ Bradyrhizobiaceae) was the only OTU that was consistently found in all 18 rhizosphere samples, in abundances of >1% of the total reads per sample. It had an average abundance of 3.6% of the total reads/sample. Other OTUs that were strongly associated with the rhizosphere but only found in 13–17 out of the 18 samples included OTU5 (a member of the phylum Chloroflexi) with an average abundance of 2.8% per sample, OTU3 (f_Micrococcaceae) with an average abundance of 2.7% per sample, OTU33 (g_Mycobacterium) at 1.6%, OTU29 (f_Sphingomonadaceae) 1.7%, OTU8 (g_Candidatus) with an average of 2.2%, OTU7 and OTU4 (both f_Hyphomicrobiaceae) at 1.2 and 1.5%, respectively. Collectively these 8 OTUs made up 16.98 ± 4.1% of the total reads per sample. There were 582 OTUs shared among all 18 samples of bulk soil included in our study. OTU1 (f_Bradyrhizobiaceae, 3.5%), was the most abundant OTU consistently found in all bulk soil samples. OTU3 (f_Micrococcaceae, 1.6), OTU5 (a member of the phylum Chloroflexi, 2.7%) and OTU8 (g_Candidatus, 2.1%) were consistently found in all bulk soil samples. There was no significant difference in the number of OTUs found in the bulk soil (1,109 ± 72) compared to the rhizosphere soil under CT (1,061 ± 122) (P = 0.165). However, under ST there was a significantly greater number of OTUs in the bulk soil (1,146 ± 64) than in the rhizosphere soil (1,047 ± 115) (P = 0.012). Comparison of the 18 wOSR rhizophere samples and the 18 bulk soil samples showed that there was a significant reduction in OTU numbers (P < 0.05, average reduction = 219 OTUs) in the rhizosphere.


Alpha and Beta Diversities of wOSR Microbiota

The alpha diversity within the bacterial communities in both bulk soil and rhizosphere soil at the vegetative, flowering and harvesting growth stages, was determined using the observed OTUs, Chao1 and Shannon diversity indices. In addition to this, we examined the effect of tillage practices (CT vs. ST) on alpha diversity within these samples (Figures 1A–C; Supplementary Material WS-1–4, respectively). The dataset was rarefied to 5,025 sequence reads per sample before calculating diversity indices. In the rhizosphere there was an increase in alpha diversity at the flowering stage, compared to the vegetative stage, but this diversity declined significantly at the harvesting stage. The alpha diversity of the rhizosphere was higher in the ST system compared to the CT tillage system only at the vegetative stage (Figure 1C). Overall, the alpha diversity in the bulk soil decreases over the lifetime of the crop. Alpha diversity in the bulk soil was similar under CT and ST tillage systems in both the vegetative and harvesting stages but was much greater in the ST tillage system at the flowering stage. Observed OTUs indices showed a statistically significant difference in alpha diversity as a result of plant growth stages (P < 0.01) and microhabitat zones (P < 0.01). The Chao1 index also showed a statistically significant difference due to growth stages (P < 0.05) but did not show a significant difference as a result of tillage practices or in the interactions of tillage, growth stages and microhabitat zones (P > 0.05). Similarly, the Shannon index showed a statistically significant difference in the diversity due to the plant growth stage, the microhabitat (rhizosphere vs. bulk soil) and the interaction of tillage*microhabitat zones (P < 0.05), but again did not show a significant difference due to tillage practices.
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FIGURE 1. Variation patterns of alpha diversities of the bacterial communities associated with rhizosphere and bulk soil under two tillage practices; CT and ST at three plant growth stages. The alpha diversity estimates: Total number of observed OTUs, Chao1 estimator and Shannon's diversity are displayed in (A–C) respectively. Sequencing reads of soil samples were rarefied at an even sequencing depth 5,025 reads/sample prior the analysis. Letters in the caption stands for conventional tillage (CT), conservation strip tillage (ST), vegetative stage (V), flowering stage (F) and harvesting stage (H). Statistical analysis of alpha diversity is displayed in Supplementary Material WS-1–4. Data are represented by three replicates from each stage. Center line of boxes represent median of samples. The upper and lower sides of the boxes represent the third and first quartiles, respectively. Whiskers represent ± 1.5 times the interquartile range.


To visualize whether tillage regimes, growth stages and microhabitats were important factors driving microbial beta diversity, Bray-Curtis (BC) and Weighted UniFrac (WUF) dissimilarity matrices were used with Principal Coordinate Analysis (PCoA) an unconstrained ordination (Figure 2). At vegetative stage, PCoA analysis showed a clear separation between the two tillage practices in both BC (P < 0.05) and WUF (P < 0.01) matrices. In BC matrix, soil microhabitats also presented minor separation though it was not significant (P = 0.057; Figure 2A) whereas WUF matrix exhibited the clear clustering of bulk soil samples under CT (Figure 2B). At the Flowering stage there was no influence of tillage or microhabitat type on soil microbiota structure in both dissimilarity matrices (P > 0.05; Figures 2C,D). Whereas, at harvesting stage, rhizosphere microbiota under ST presented strong clustering compared to other soil samples and showed the significant influence of tillage and microhabitat type in both BC (P < 0.02) and WUF (P < 0.01) matrices. R2 and P-values of ADONIS based Bray-Curtis and Weighted Unifrac distance matrices are listed in Table 2. These results suggest that the niche separation of rhizosphere microbiota from the soil biota is influenced by the plant growth stages and tillage fine-tunes its composition.


[image: Figure 2]
FIGURE 2. Beta diversity of microhabitats (bulk soil and rhizosphere) at wOSR plant developmental stages under CT and ST tillage regimes. Principle Coordinate Analysis (PCoA) based on Bray-Curtis (BC) and Weighted UniFrac (WUF) distances calculated using counts per million transformed OTU abundances. Comparison between the bulk soil and rhizosphere at vegetative stage (A) BC (B) WUF, flowering stage (C) BC (D) WUF, and harvesting stage (E) BC (F) WUF under CT and ST regimes. In both panels, colors define the tillage practices, while shapes depict the indicated microhabitats. Statistical results of beta diversity are displayed in supplementary excel file WS-5.



Table 2. Statistical analysis of beta diversity.
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Drivers of wOSR Microbiota Alterations

To identify OTUs that were responsible for significant differences in the communities with respect to plant growth stages, tillage practices and microhabitat zones, we performed a pair-wise comparison using a model based on a negative binomial distribution (Table 3; Supplementary Material WS-7–10; Walt-test P < 0.05, FDR corrected). Here, individual OTUs are identified which differentiate the growth stages, tillage practices and the microhabitat zones, respectively (Tables 3A–C, respectively). OTUs differentially enriched in the indicated pair-wise comparison are defined by the mean relative abundance and the logarithmic fold change in abundance. In all comparisons a positive fold change is associated with the enrichment of the OTU in a specific sample type.


Table 3. Enriched OTUs retrieved from moderated estimation of fold change and pair-wise Wald test (FDR, P < 0.05) of bulk soil and WOSR rhizosphere prokaryotic microbiota profiles at plant developmental stages under tillage regimes.
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To investigate the impact of growth stages on wOSR microbiota, the OTUs identified in each growth stage were progressively excluded from the other two growth stages. For example, OTUs identified in vegetative stage were excluded from the flowering stage (vegetative vs. flowering) and harvesting stage (vegetative vs. harvesting). Individual bacterial OTUs which were enriched or depleted in each growth stage contributed to differentiating the bacterial communities. Intriguingly, these OTUs represented just a minor fraction of the total wOSR microbiota. The results showed that at different time points in the rhizosphere under CT, very few OTUs were enriched suggesting that the rhizosphere community is relatively stable over the lifetime of the crop. Likewise in bulk soil under CT, at different growth stages, few OTUs were enriched significantly, again suggesting a relatively stable bacterial community. Under ST at the vegetative and flowering stage there was no significant OTU enrichment. However, when we compared the flowering stage with the harvesting stage, we observed 60 OTUs enriched in the flowering stage and 11 OTUs enriched in the harvesting stage. Likewise, when we compared the harvesting stage with the vegetative stage, we observed 5 OTUs enriched in the harvesting stage and 57 OTUs enriched in the vegetative stage (Table 3A, Supplementary Material WS-7, P < 0.05, FDR corrected). This suggests a dynamic and variable bacterial community structure driven by plant growth and development.



Taxonomic Assemblages of Bacterial Microbiota

After aligning the OTUs with RDP against the Greengenes database, the wOSR soil microbial community was classified into the top ten most abundant bacterial phyla, which accounted for ~97 % of wOSR rhizosphere and bulk soil bacterial community (Figure 3; Supplementary WS-12). Among them were the phyla Actinobacteria, Proteobacteria, Bacteroidetes, and Chloroflexi, which occupied ~60% of wOSR microbiota. To elucidate whether these bacterial phyla showed any significant difference between the developmental growth stages, tillage regimes, and microhabitat zones, ANOVA analysis was carried out on relative abundance of rarefied dataset (Figure 4; Supplementary WS-11; P < 0.05). The phyla Proteobacteria (P < 0.001), Chloroflexi (P < 0.01) and Firmicutes (P < 0.05) showed significant difference in growth stages of wOSR microbiota (Figures 4A–C, respectively). The bacterial abundance of phylum Proteobacteria and Chloroflexi was similar in all samples at vegetative and flowering stages. However, at harvesting stage the phylum Proteobacteria abundance was remarkably higher while, the abundance of phylum Chloroflexi was lower, especially in rhizosphere under ST. The Firmicutes population showed a significant difference as a result of tillage method (P < 0.05) and growth stages. Overall Firmicutes abundance was higher in ST compared to CT, and at harvesting stage compared to other growth stages in both microhabitat zones.
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FIGURE 3. Phylum-level relative abundance of bacterial communities across growth stage and crop management practices. Average relative abundance (% of sequence reads) of top ten most abundant prokaryotic phyla associated with bulk soil and rhizosphere of wOSR under tillage practices at three different growth stages; vegetative stage, flowering stage and harvesting stage are displayed in different colors. Letters in the caption stands for conventional tillage (CT), conservation strip tillage (ST), vegetative stage (V), flowering stage (F) and harvesting stage (H). For each sample type, the number of replicates is n = 3.
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FIGURE 4. Number of sequencing reads classified to phylum level that significantly (ANOVA; P < 0.05) change with growth stages (A–C), tillage practices (D–F) and microhabitat zones (G–I) in rhizosphere and bulk soil under tillage practices at different plant growth stages. The colors of the box plots represent the three plant developmental stages of wOSR: green (vegetative stage), yellow (flowering stage), and brown (harvesting stage). The dark colors represent for CT and light colors represent for ST samples. Letters in the caption stands for conventional tillage (CT), conservation strip tillage (ST), vegetative stage (V), flowering stage (F) and harvesting stage (H). Data are represented by three replicates of each sample. Center line of boxes represents median of samples. The upper and lower sides of the boxes represent the third and first quartiles, respectively. Whiskers represent ± 1.5 times the interquartile range.


The phylum Actinobacteria displayed a significant difference in tillage*growth stage interaction (P < 0.05, Figure 4D). The soil samples of ST at harvesting stage showed significantly lower Actinobacteria abundance. While there was a significant difference in the Planctomycetes populations as a result of tillage practice (P < 0.001) and a minor contribution of the growth stages and microhabitat zones (P < 0.01). Bacterial abundance was significantly higher in CT compared to ST at all growth stages. The bulk soil of CT at vegetative stage and under ST at harvesting stage displayed higher bacterial abundance compared to rhizosphere. Moreover, the bulk soil of CT at the vegetative stage showed the highest abundance of Planctomycetes while the rhizosphere of ST at harvesting stage showed the lowest abundance (Figure 4E). A significant difference in the abundance of phylum Verrucomicrobia was observed between the tillage and tillage*microhabitat zones (P < 0.05). The bacterial abundance in both microhabitat zones was higher in ST compared to CT at vegetative and flowering stage. However, at harvesting stage in the rhizosphere, the Verrucomicrobia abundance was lower in ST compared to CT (Figure 4F).

Significant differences between the microhabitat zones were observed in abundance of phyla Bacteroidetes (P < 0.01) and Acidobacteria (P < 0.001). Bacteroidetes abundance in rhizosphere was higher compared to bulk soil, while the rhizosphere of ST at harvesting stage displayed the highest bacterial abundance (Figure 4G). Abundance of Acidobacteria was higher in bulk soil compared to rhizosphere under both tillage practices at all growth stages (Figure 4H). The phylum Gemmatimonadetes exhibited the significant difference between the microhabitat zones (P < 0.001), tillage (P < 0.05) and time point (P < 0.05). The bacterial abundance was higher in bulk soil compared to rhizosphere under both tillage regimes and at all growth stages except the vegetative stage of ST and flowering stage of CT where the abundance was similar.

We further analyzed the soil microbial communities at the family level to determine which families were affected by the tillage practice over the developmental stages, in both rhizosphere and bulk soil (Figure 5). We noticed that the relative abundance of families Bradyrhizobiaceae, Hyphomicrobiaceae, and Nocardiaceae were higher in CT whereas, Micrococcaceae, Sphingomonadaceae were higher in the ST rhizosphere samples. The abundance of families Pseudomonadaceae and Sphingobacteriaceae were markedly higher in the ST rhizosphere compared to the CT in rhizosphere samples. Families Streptomycetaceae, Rhizobiaceae, Microbacteriaceae, Nocardiaceae, and Pseudomonadaceae only observed at harvesting and Gaiellaceae at flowering stage in rhizosphere, whereas Streptomycetaceae and Gaiellaceae only present at harvesting and vegetative stage, respectively, in bulk soil. While some bacterial families such as Sphingobacteriaceae, Rhizobiaceae, Pseudomonadaceae, and Microbacteriaceae were only presented at the harvesting stage in rhizosphere and were not present in bulk soil. The bacterial family Nakamurellaceae was observed at vegetative and flowering stage but not at harvesting stage. On the other hand, the family Intrasporangiaceae was observed at vegetative stage, it was not observed at the flowering stage, then reappeared at harvesting stage in the rhizosphere. Both families were not observed in bulk soil. In the rhizosphere, Sphingomonadaceae and Micrococcaceae abundances were dramatically increased at harvesting stage compared to vegetative and flowering stage. These results further support our hypothesis that at different growth stages, Brassica napus can select the subset of microbes as per its requirement and their selection is influenced by tillage practice.
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FIGURE 5. Family-level relative abundance of bacterial communities across growth stage and crop management practices. The bacterial families that present > 1% average relative abundance of sequence reads in bulk soil and rhizosphere of wOSR under conventional tillage (CT) and conservation strip tillage (ST) practices at three plant growth stages; vegetative (V), flowering (F), harvesting (H) are displayed in different colors. The sequencing reads of samples were rarefied at an even sequencing depth 5,025 reads/sample prior to analysis.





DISCUSSION

The composition and abundances of microorganisms in the bulk soil and rhizosphere are likely to be determined by many different abiotic and biotic factors, such as soil structure (6), microclimate (37), plant age (23) or plant species (38).

Here, we investigated the effects of tillage and plant growth stage on the rhizosphere microbial community in wOSR, in comparison to the bulk soil bacterial community under either conventional or conservation strip tillage practices. At all stages (from DNA extraction to sequencing) of the process there is bias introduced that can influence the results e.g., different DNA extraction protocols and 16S rRNA PCR primer sets used can dramatically affect the observed microbial diversity. Even the presence of relic DNA (DNA from dead cells in the sample) can lead to overestimation of microbial diversity and abundance (39). A major limitation of our study is the low sample number used (3 technical replicates). However, we are confident that each replicate is representative of each trial plot as they were generated from a composite DNA sample create by combining DNA extractions from 3 separate samples within the plot. The limited data does point to some interesting findings.

Our beta diversity plots confirmed that strip tillage practices did result in distinct microbial communities at all growth stages investigated, compared to conventionally tilled samples. PCoA plots of either weighted UniFrac or Bray-Curtis distance matrices both showed a clear separation of rhizosphere microbiomes as a result of the tillage practice utilized. Likewise soil microbiomes were found to separate out based on tillage practice. Bziuk et al. (13) also reported that tillage practices are one of the key factors in shaping soil and rhizosphere microbiome of barley. The beta diversity plots also showed that the rhizosphere and bulk soil microbiota were influenced by the developmental stage of the plant. This result is in agreement with the findings of (24, 40, 41).

In most plants species the release of vast quantities of photosynthates into the root zone is known to stimulate bacterial growth in, and attraction to, the rhizosphere. This leads to the so called “rhizosphere effect,” where the microbial population size and diversity is much greater in the rhizosphere than in the bulk soil (18, 24). We did not observe this rhizosphere effect in the 18 rhizosphere samples from wOSR. There was either no significant difference between the rhizosphere and the bulk soil or there was a significantly greater number of OTUs in the bulk soil. Although we have no data on population sizes, in terms of bacterial diversity we can conclude that wOSR has a negative effect on bacterial diversity in its rhizosphere. Brassicas do not form mycorrhizal associations, presumably by inhibiting the growth of mycorrhizal fungi. Brassicas are known to exude glucoinolates many of which are known to have antimicrobial activity against Gram-positive and Gram-negative bacteria (42). Brassica napus was found to produce progoitrin, glucoalyssin, gluconapin and glucobrassicapin (43). The release of these compounds into the rhizosphere might explain the reduced bacterial biodiversity that we observed in the rhizosphere compared to the bulk soil. Another possibility is that plants select the microorganisms from the available pool in the surrounding environment. While the presence of nutrients and secreted exudates helps increase microbial abundance, the plant's selective pressure increases from bulk soil to rhizoplane and hence decreases bacterial diversity. This concept is in agreement with the study reported by Steinauer et al. (44) that root exudate diversity did not increase the number of microbial species in grassland rhizosphere, but induced alterations in species-specific abundances and compositional shift toward fast-growing copiotrophic soil microorganisms due to a nutrient-enriched environment. The number of species and their relative abundance within specific root locations are a particularly debated aspect of rhizosphere microbial ecology.

Strip tillage practice did not result in any statistically significant difference in the alpha diversity in either the bulk soil or rhizosphere at the vegetative or flowering stages compared to conventional tillage. Wasserman et al. (45) found no significant difference in the alpha diversity among 14 different Brassica species. Maintaining microbial diversity in the soil and rhizosphere is important in order to ensure functional redundancy in carrying out essential ecosystem functions. However, we did observe an overall decrease in diversity over the lifetime of the crop. A similar result was observed by Copeland et al. (46) who found a decrease in bacterial diversity in canola. This is in contrast to other studies on cereals, which found that there was a general increase in microbial diversity over the growing season (47). We observed a statistically significant drop in the alpha diversity in the rhizosphere at the harvesting stage under strip tillage compared with conventional tillage. These findings are further supported by our percent phylum distribution data showing significantly higher relative abundance of bacterial phyla Proteobacteria and Bacteroidetes, and remarkably lower relative abundance of Actinobacteria and Chloroflexi only observed in rhizosphere under ST at the harvesting stage compared to all other samples.

Dorr de Quadros et al. (48) demonstrated through 16S amplicon metagenomic sequencing that soil microbial diversity (in particular the anaerobes as Verrucomicrobia, Firmicutes, Crenarchaeota, Chlamydiae, Euryarchaeota, and Chlorobi), and soil nutrients (phosphate, magnesium, total organic carbon, and nitrogen) were significantly higher in no-tillage compared to conventionally tillage plots. Navarro-Noya et al. (49) observed similar results, in that under reduced tillage, the microbial biomass, plant organic matter and nutrient content were higher. These changes in the physical-chemical properties of the soil as a result of different tillage practices create different ecological niches that select for different microbial lifestyles and which can lead to the development of very different microbial community structures. Yin et al. (50) used a metagenomic approach to study the effect of conventional and no-till practices on the microbiome of wheat crops. They found that copiotrophic bacterial families such as Oxalobacteriaceae, Pseudomonadaceae, and Cytophagaceae were more abundant in reduced tillage and oligotrophic bacterial families were more abundant in conventional tillage. However, Degrune et al. (10) observed higher abundance of copiotrophic bacteria under conventional tillage and oligotrophic bacteria under reduced tillage. While tillage practices alter soil microbial community structure, the response of individual microbial groups appears to be very context-specific and cannot be generalized across various agroecosystems. The response is largely dependent on the soil physical-chemical conditions, soil types, climatic conditions and sampling depths.

Hale et al. (51) reported that root exudation patterns can be affected by agriculture practices, soil water availability, stress, soil temperature, light intensity, degree of anaerobiosis, application of agro-chemicals, plant age, plant species, mineral nutrition, and soil microbes. Several studies demonstrated that root exudates and soil environmental changes can strongly affect the rhizosphere microbial community structure and composition over the life period of plants (15, 23, 44, 52–55).

A number of bacterial families were consistently found in the rhizosphere microbiome regardless of the tillage method and stage of plant growth. Bradyrhizobiaceae, Flavobacteriacecea, Hyphomicrobiaceae, Micrococcaceae and Mycobacteriaceae were all dominant members of the bacterial community. Many of are involved in nutrient cycling Bradyrhizobiaceae, Flavobacteriaceae and Hyphomicrobacteriaceae have all been associated with nitrogen cycling either through nitrogen fixation or nitrifying/denitrification activities (56). These groups have been consistently found in wet European soils (57). Many of their members are oligotrophic/oligocarbophilic and their ubiquitous presence has been linked to stable ecological niches, such as moist soils rich in humic substances or in the plant rhizosphere. Many of the bacterial species within these families have been reported to increase nutrient obtainability; subdue disease-causing fungi; reduce stress from non-living environmental factors and promote the growth of the plants. Flavobacteriacecea represent a significant fraction of root- and leaf-associated microbiomes in a broad range of plant species. Several of these studies have shown that the relative abundance of members of this genus increases substantially along the soil, rhizosphere, and rhizoplane continuum, indicating a specialized capacity to proliferate in plant environments and suggesting a role in plant functioning (56).

On the other hand, there are families (Pseudomonadaceae and Sphingbacteriaceaea) which only became dominant members of the bacteria communities at certain stages in the plant life cycle and which were affected by the tillage practice. These families only became dominant members of the community at the harvesting stage and the relative abundance of both were significantly increased as a result of strip tillage (ST). The Pseudomonadaceae is a family of Gram-negative bacteria that includes four genera Frateuria, Pseudomonas, Xanthomonas, and Zoogloea. While some members of these groups are known plant and animal pathogens the majority are linked with beneficial soil ecosystem functions such as nitrogen cycling (denitrification), plant growth promotion through phosphate solubilisation, ACC deaminase activity, and biocontrol of insects and plant pathogenic fungi. One of the benefits of conservation tillage is the retention of soil organic matter which in turn leads to a greater soil biodiversity, including insects and fungi. Chitin is a component with makes up a significant proportion of the biomass of these organisms. Both Pseudomonadeaceae and Sphingbacteriaceaea are known to have significant chitinase activity (58) and perhaps the enrichment of these two families is linked to the possible increased level of chitin in the soil by the harvesting stage. Mendes et al. (59) and Fang et al. (60) reported that as a plant ages, it releases specific antimicrobial substances which can select for specific groups of resistant microbes. Gkarmiri et al. (61) also reported these bacterial families in rhizosphere of oilseed rape though stable isotope high throughput sequence analysis.

Our results show that plant developmental stage and the rhizosphere effect led to dynamic changes in the bacterial community structure in the root zone and that different tillage practices lead to lasting differences in bacterial communities both in the rhizosphere and in the bulk soil. Further investigations are required to understand, what consequences, if any, these changes in microbial community have on plant health/development and important soil ecosystem functions.
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inbulk soil Bk) in rhizosphere
(Rz)

C. MICROHABITAT ZONE EFFECT (BULK SOIL vs. RHIZOSPHERE)
Conventional tillage (CT)

Vegetative stage (V-Bk vs. V-Rz) 0 0
Flowering stage (F-Bk vs. F-Rz) 0 0
Harvesting stage (H-Bk vs. H-Rz) 1 0
Conservation tillage (ST)

Vegetative stage (V-Bk vs. V-Rz) 0 0
Flowering stage (F-Bk vs. F-Rz) 0 0

Harvesting stage (F-Bk vs. F-Rz) 31 1
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