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The Sahel is an ecologically vulnerable region where increasing populations with a concurrent increase in agricultural intensity has degraded soils. Agroforestry offers an approach to remediate these landscapes. A largely unrecognized agroforestry resource in the Sahel are the native shrubs, Piliostigma reticulatum, and Guiera senegalensis that to varying degrees already coexist with row crops. These shrubs improve soil quality, redistribute water from the deep soil to the surface (hydraulic lift), and can improve crop growth. However, little information is available on whether these shrubs affect spatial and temporal dynamics of microbial communities. Therefore, the objective of this study was to determine microbial composition and activity in the wet and dry seasons of soil in the: shrub rhizosphere (RhizS), inter-root zone (IntrS), and outside the influence of shrub soil (OutS) for both G. senegalensis and P. reticulatum in Senegal. A 3 × 2 factorial field experiment was imposed at two locations (490 and 700 mm annual rainfall with G. senegalensis and P. reticulatum, respectively), that had the soil sampling treatments of three locations (RhizS, IntrS, and OutS) and two seasons (wet and dry). Soils were analyzed for: microbial diversity (DGGE with bacterial 16S or fungal 28S rRNA gene sequences phospholipids fatty acid, PLFA); enzyme activities; microbial biomass carbon (MBC); and nitrogen (N) mineralization potential. For the DGGE profiling, the bacterial community responded more to the rhizosphere effect, whereas, the fungal community was more sensitive to season. PLFA, MBC, enzyme activities and inorganic N were significantly higher in both seasons for the RhizS. The presence of shrubs maintained rhizosphere microbial communities and activity during the dry season. This represents a paradigm shift for semi-arid environments where logically it would be expected to have no microbial activity in the extended dry season. In contrast this study has shown this is not the case that rather the presence of shrub roots maintained the microbial community in the dry season most likely due to hydraulic lift and root exudates. This has implications when these shrubs are in cropped fields in that decomposition and mineralization of nutrients can proceed in the dry season. Thus, enabling accumulation of plant available nutrients during the dry season for uptake by crops in the rainy season.
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INTRODUCTION

The Sahel is an ecologically vulnerable region where increasing populations with a concurrent increase in agricultural intensity has degraded soils. Agroforestry offers an approach to remediate these landscapes. A largely unrecognized agroforestry resource in the Sahel are the native shrubs, Piliostigma reticulatum, and Guiera senegalensis that to varying degrees already coexist with row crops. These two species dominate over any other shrub species and are coppiced in the spring prior to the cropping/rainy season. Subsequently, the shrubs regrow during the long dry season.

Previous recommendations were to remove shrubs from cropped fields because of perceived competition of shrubs with crops for nutrients and water, and reduced crop yield (Somarriba, 1988; Kater et al., 1992). However, a preliminary study in Niger in farmers' fields showed millet growing within the influence of G. senegalensis rhizospheres had greater growth than when grown outside the influence of the shrub (Wezel et al., 2000). Long-term statistically valid field studies have shown that G. senegalensis (Dossa et al., 2012) and P. reticulatum (Dossa et al., 2013; Bright et al., 2017) in Senegal can increase yields for groundnut (Arachis hypogaea L.) and millet [Pennisetum glaucum (L.) R. Br.] with or with inorganic fertilizer.

These pedo-ecological benefits by woody species have been shown in natural, semi-arid desert environments. This phenomenon has been characterized as soil fertility and hydrologic resource islands that develop beneath woody species and influence the biogeochemistry and decomposition of uncultivated desert environments (Schlesinger et al., 1996; Schlesinger and Pilmanis, 1998; Rango et al., 2006; Schade and Hobbie, 2006). Brooker et al. (2016) proposed that plant-plant interactions hold potential to facilitate sustainable crop production and address food insecurity in developing countries where subsistence farmers use limited external inputs.

Rhizospheres produce organic root exudates and affect soil moisture, which changes the numbers and activities of microbial communities living under the influence of plant roots (Lynch and Whipps, 1990; Diedhiou et al., 2009). A large proportion of the C released by roots is in the form of water-soluble substances such as sugars, organic acids and amino acids. The differences in type and quantity of C available in different root zones thereby select for distinct rhizospheric community structures (Young, 1998; Yang and Crowley, 2000). In addition, these communities may vary with respect to plant species (Westover et al., 1997).

An important finding for G. senegalensis and P. reticulatum is that their roots redistribute water from the subsoil to the surface, a phenomenon known as hydraulic redistribution (Kizito et al., 2007, 2012). Hydraulic redistribution is the movement of water from regions of higher soil water potential (subsoil) to regions of lower soil water potential (surface soil) via plant roots, and is typically characteristic of semi-arid to arid environments (Richards and Caldwell, 1987) as well as mesic environment during drought (Dawson, 1993; Caldwell et al., 1998). The amount of water redistributed can go as high as 0.1 mm day−1 for P. reticulatum and 0.2 mm day−1 for G. senegalensis (Kizito et al., 2007). Hydraulic redistribution could be important to maintain microbial communities and drive biogeochemical processes in shrub rhizosphere soil during the long dry season of semi-arid or arid environments (Saul-Tcherkas and Steinberger, 2011). Previous research has shown that soil beneath canopies of P. reticulatum or G. senegalensis increased decomposition, microbial biomass C, and enzyme activities over soil outside the influence of these shrubs. Also, Debenport et al. (2015) found that root zone soil of pearl millet [Pennisetum glaucum (L.) R. Br.] grown within the influence of P. reticulatum or G. senegalensis had increased diversity and abundance with some genera in both bacterial and fungal communities over soil outside the influence of shrubs. However, little information is available on whether shifts in microbial communities remain during the dry season due to hydraulic lift.

Therefore, the hypothesis was that the presence of shrubs will shift soil microbial communities with the objective to determine microbial composition and activity in the wet and dry seasons of shrub (RhizS), inter-root soil (IntrS), and outside the influence of shrub soil (OutS).



MATERIALS AND METHODS


Experimental Design

The study was conducted in two agro-ecological zones of Senegal within the major cropping region known as the Peanut Basin. The first site, Keur Matar Arame (KMA) is located at Thies (N14° 46 W16° 51) where G. senegalensis is the main shrub species found in farmers' fields. The soil is a sandy, ferruginous Oxisol (FAO, 1998). The KMA site has low rainfall with ~300 mm per annum with a water table depth of ~ 10 m. The second site is located at Nioro (N13° 45 W15° 47), predominantly occupied by P. reticulatum shrubs on a sandy, lateritic area classified as an Oxisol (FAO, 1998). The area has unimodal rainfall, 700 mm per annum and a mean annual temperature of 32°C. The water table is at ~8 m. The sites were both in farmers' fields that had been under long-term cropping of millet [Pennisetum glaucum (L.) R. Br.] and groundnuts (Arachis hypogaea L.) that included coppicing of aboveground biomass each spring. The coppiced residues were normally burned or occasionally some portion was removed and taken back for household use. Both sites in the rainy season were under millet cultivation which were planted in a 1 × 1 m pattern.

Soil samples from rhizosphere soil (RhizS), inter-root soil (IntrS), and outside the influence of shrub soil (OutS) were collected in relation for both shrub species (0–15 cm depth) during the dry season (March 2005), and the wet season (August 2005). At each experimental site, soils were sampled randomly under six plants at three locations: (1) shrub rhizosphere soil RhizS (2) soil beneath shrub canopy but between roots or inter-root soil (IntrS); and (3) samples collected two meters away from the shrubs which was outside the influence of shrub (OutS). The OutS were taken between millet plants at a distance of 0.5 m from millet plants. The rhizosphere soils was obtained by peripheral excavation of surface soil followed by careful excising the roots from the larger crown or tap roots. The excised roots were gently shaken and then the soil retained on the roots was collected for analysis which is defined as rhizosphere soil. The soil samples of three pairs of shrubs for each species were combined (resulted in 3 field replicates for each shrub species), homogenized and then crushed to pass through a 2 mm mesh screen. The soil samples were maintained at field moisture and stored at 4°C until analysis. Soil extractions for nucleic acid and fatty acid analyses outlined below to characterize soil microbial communities were done within 2 days and other analyses were done within a week after sampling. Soils from old and new roots were pooled for all analyses except the for the DGGE analysis.



Microbial Biomass C, Enzyme Activities, and Inorganic N

Microbial biomass was determined by chloroform–fumigation extraction (CFE) following the method of Amato and Ladd (1988) with some modifications. Briefly, 10 g of the moist soil was fumigated with chloroform (ethanol free) and then incubated for 10 days. Fumigated samples and unfumigated control samples were extracted with 2 M KCl solution for 60 min on a rotator shaker. After filtration, 2 ml of the filtrates were mixed with 0.5 ml of 0.4 M sodium citrate solution. Ninhydrin-reactive N was determined colorimetrically at 750 nm (Schinner et al., 1996) (Evolution II, Alliance-Instrument, France). Microbial biomass C (MBC) was estimated by multiplying by 21 the gain in ninhydrin-reactive N after fumigation (Amato and Ladd, 1988). Results were expressed as μg C g−1 of dry soil.

Soil inorganic-N species were quantified in the same extract, colorimetrically in KCl extracts (2 M KCl) using the method of Bremner (1965). Ammonium was quantified using the reaction of Berthelot modified with the indophenol blue at 660 nm. For the nitrate, nitrite is mixed with the sulfanilamide to form a diazo complex and the absorbance was read at 525 nm. Inorganic nitrogen was assessed as the sum of ammonium and nitrate, and the results were expressed as μg N g−1 of dry soil.

All soil enzyme analyses were performed on field moist soil. The β-glucosidase and chitinase activities were measured using a modified method originally described by Hayano (1973) and Ndour et al. (2001). Fresh soil samples (100 mg) were incubated for 2 h at 37 °C, with 100 μl of 5 mM para-nitrophenyl β-d-glucopyranoside (pNP) for β-glucosidase and 5 mM para-nitrophenyl N-acetyl glucosaminide for chitinase as the substrates. The pNP released was measured 15 min after stopping the reaction at 400 nm for both enzymes. The results were expressed as μg pNP released g−1 h−1. Phosphatase activity was determined following the method described by Tabatabai and Bremner (1969). The method by Kandeler and Gerber (1988) was used to determine the urease activity. Two analytical replicates and one control were analyzed for each soil sample.



Phospholipids Fatty Acids Analysis

Phospholipids fatty acids (PLFA) were extracted from the soil by Bligh and Dyer (1959) method as modified by Schutter and Dick (2000). Briefly, lipids were extracted from 3 g of soil samples using a chloroform-methanol-phosphate buffer solvent. PLFA were separated from neutral lipids and glycolipids using silicic acid columns (Supelco, Bellefonte, PA, USA). The phospholipid fractions were then converted to methyl-esters by alkaline methanolysis. PLFAs from all samples were extracted in triplicates. PLFAs were analyzed by gas chromatography (GC) (Agilent Ultra 2 column; temperature ramping from 120 to 260°C at a rate of 5°C per min) using helium as the carrier gas, and peaks were detected by flame ionization detector (Frostegård and Bååth, 1996).

Individual fatty acid methyl esters (FAME) were identified and quantified using the MIDI Sherlock Microbial Identification System (MIDI, Newark, Delaware, USA) and with the mixture of 37 FAME (FAME 37 47885-4; Supelco, Inc), 24 bacterial FAME mixture (P-BAME 24 47080-U; Supelco, Inc.). Each individual fatty acid was expressed as a percentage of the total amount of fatty acids (mol%) found in a given sample. PLFA data with <0.5% of the total relative abundance were not included in the data set. PLFA biomass was estimated by adding the amount of all fatty acids detected and was expressed in nano moles of PLFA per g of dry weight of soil (nmol g−1 dw) (White et al., 1979; Frostegård et al., 1991; Bossio et al., 1998). For each microbial group and total PLFA (PLFAtot), the total amount of PLFA identified was calculated to represent their contribution to the total microbial biomass.

A total of 23 PLFA markers out of 27 identified (91%) were used for the multivariate analyses for G. senegalensis, while a total of 23 PLFA out of 29 identified (94%) were used for multivariate analysis for P. reticulatum. The combined masses of FAMEs reported as typical of fungi (18:2ω6c, 18:1ω9c) (Frostegård and Bååth, 1996; Olsson, 1999), Gram-negative (GN) bacteria (18:1ω7c; 17:0cy; 19:0cy) (Wilkinson, 1988), Gram-positive (GP) bacteria (15:0i; 15:0a; 16:0i; 17:0i; 17:0a) (O'Leary and Wilkinson, 1988) and actinomycetes (ACT) (16:0 10-Me; 17:0 10-Me; 18:0 10-Me) (Kroppenstedt, 1992) were used as signatures for these microbial groups. The summation of individual fungal or bacterial fatty acids were used to calculate fungal to bacterial ratios (FUN/BACT) as an indicator of the general change in the soil microbial community structure (Bardgett et al., 1998; Olsson, 1999; Zelles, 1999; Fierer et al., 2002). The ratio of 19:0cy to18:1ω7c was calculated and is primarily an indicator to water stress (Guckert et al., 1986; Lundquist et al., 1999). The ratio of saturated to monounsaturated fatty acids (SAT/MONO) was calculated and is an indicator nutrient deprivation (Bossio and Scow, 1998; Larkin, 2003).



Denaturing Gradient Gel Electrophoresis (DGGE)

Changes in soil microbial community structure were analyzed by DGGE profile of 16S rRNA and 28S rRNA gene sequences for bacteria and fungi, respectively. The method by Porteous et al. (1997) was used to extract soil DNA from 0.5 g of soil samples in triplicates.

Bacterial 16S rRNA was amplified using universal bacterial DGGE primers 338f-GC clamp and 518r primers (Muyzer et al., 1993). Amplification was performed by 5 min of denaturation at 94°C, 30 cycles of 45 s each at 94°C, 45 s at 52°C and 1 min at 72°C, followed by a final extension at 72°C for 10 min using a PTC-100 thermal cycler. The primers 403f-GC (U1) and 662r (U2) were used to amplify the 28S rRNA of the fungal population (Sandhu et al., 1995). The following cycle was used to amplify fungal 28S rRNA: 5 min of denaturation at 94°C, 35 cycles of 30 s at 94°C, 1 min at 52°C and 2 min at 72°C, followed by a final extension at 72°C for 10 min using the same thermal cycler. The PCR tag “Ready- to-go” (Amersham Biosciences, USA) was used to amplify both the 16S and the 28S rRNA. PCR products were confirmed on 1.0% agarose gels after staining with ethidium bromide solution (0.25 μg ml−1). PCR products were then quantified using a spectrophotometer to measure the optical density.

Equivalent quantities of PCR products were resolved in an 8% polyacrylamide gel (37.5:1 acrylamide:bisacrylamide) in 0.5 × TAE buffer (20 mM Tris-HCl, 10 mM acetate, 0.5 mM EDTA) and denaturants (100% denaturant contains 7 M urea and 40% deionized formamide). A gradient of denaturants ranged from 40 to 70% for bacterial communities and 35–65% for fungal communities. Electrophoresis was performed on an Ingeny apparatus (Ingeny phorU, Netherlands) at a constant voltage of 75 for 16 h. The software Bio-profil Biogene program (Vilber Lourmat) was used to analyze the DGGE profile. The detected bands were used to construct a matrix indicating presence or absence of bands in each sample.



Statistical Analysis

Spatial and temporal shifts in the composition of PLFA profiles were analyzed by principal components analysis (PCA) using the PC-ORD package (MjM Software Design, Gleneden Beach, OR) (McCune and Grace, 2002) after converting the PLFA to mol% of peak totals. Scores of samples on the first two axes were then analyzed by ANOVA. For the DGGE analysis, matrices of presence and absence of bands was then subject to ordination analyses to identify groups of similar samples, or structure in the dataset (Fromin et al., 2002). A second matrix containing summed values for PLFA or functional measurements were used to construct joint plots that overlaid on the PCA plots. The joint plots were used to visualize the relationship between a set of variables (in this case, taxonomic groups, enzyme activities, and stress indicators) and PCA scores. The angle and length of a line indicate the direction and strength of the relationship (McCune and Grace, 2002). The enzyme activities of the samples were analyzed using ANOVA analysis on SAS software (SAS Institute, 1996) to assess spatial and temporal effects. In addition, correlations between PLFA and enzyme activities were investigated using the Mantel test (McCune and Grace, 2002).

Diversity indices were calculated as below: the Shannon-Wiener index, H′ = -∑(ni/N) ln(ni/N) (Shannon, 1948); the Simpson dominance index, λ = ∑(ni/N)2 (Simpson, 1949); and the evenness index, e = H′/lnS (Pielou, 1966); where S is the total number of PLFA peaks, ni is the area of ith PLFA peak, and N is the sum of the area of all PLFA peaks for each sample.




RESULTS


Soil Inorganic N, Total Microbial Biomass, Enzyme Activities, and Moisture

Inorganic N consistently for both shrub species and seasons, the OutS had the lowest levels but it was not significant at P < 0.05.

PLFAtot and MBC are indexes of the total microbial biomass and did not show the same treatment effects, except that they both had the RhizoS consistently being highest within a season and shrub species (Table 1). MBC consistently showed a stepwise decrease of: RhizoS>IntS>OutS within a season and shrub species. It also showed consistently higher levels in the wet season over the dry season at all sampling locations and for both species (Table 1).


Table 1. Soil inorganic N, MBC, PLFAtot and moisture of soil inside and outside the influence of G. senegalensis or P. reticulatum during the wet and dry season.
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Overall, both shrub species showed differences in PLFAtot between RhizS and OutS (Table 1) in both seasons with InterR being similar to RhizS in the wet season but intermediate in the dry season. During the dry season, PLFAtot was significantly higher (P < 0.05) for RhizS than IntrS and OutS of both shrub (Table 1).

Acid phosphatase, β-glucosidase and chitinase activities were higher for the rhizosphere soil than the bulk soil (data not shown); the IntrS soil had significantly higher activities than did the non-rhizosphere soil. This is true for both seasons for those enzymes except the chitinase activity which during the dry season was the same whether it was a bulk soil or a non-rhizosphere soil. For urease, activity was significantly higher in rhizosphere soil than in bulk and non-rhizosphere soil only during the dry season. During the wet season, this activity was the same in the bulk and rhizosphere soil but significantly different from the non-rhizosphere soil.

Soil moisture was greatly reduce in the dry season. However, the RhizS soil had significantly higher levels than the other two sampling locations in the dry season for both shrub species.



Soil Microbial Community Composition
 
PLFA Profiling

Consistently, across all the PLFA functional groups in the dry season, RhizS was significantly higher than IntrS and OutS (Figure 1). On average for the dry season, fungal PLFA was 80% greater in the RhizS compared to IntrS for both shrub species (Figure 1). Conversely, in the wet season the fungal PLFAs in RhizS were only about 20% higher than the IntrS and often statistically showing no differences. Similar levels of increase were observed in the RhizS soil for the Gram+ bacterial PLFAs (65%) when compared to IntrS during the dry season. The wet season resulted in a significant increase of all microbial PLFAs in both shrubs, which was more prominent in the case of IntrS compared to those in dry season.


[image: Figure 1]
FIGURE 1. Summation of PLFAs representing Gram+, Gram-, fungi and actinomycetes microorganisms extracted from soil associated with (A) G. senegalensis, and (B) P. reticulatum. Soil samples (RhizS, shrub rhizosphere soil; IntrS, inter-root soil; and OutS, outside the influence of shrub soil) are from the dry season (DS) and wet season (WS). Bars are standard deviations. The lower case letters represent means separation between sampling locations and upper case letters represent mean separation between seasons for the same soil location.


Comparison of the major functional groups measured by PLFA (Gram+, Gram-, fungi, and actinomycetes) showed no major differences among these relative to soil sampling location. That is, for Gram+, Gram-, fungi, and actinomycetes, patterns of each of the sampling locations within a season were quite similar for both shrub species—which was that RhizS remained high between seasons, OutS was always low, and IntrS tended to be not significantly different from the RhizS in the rainy season, with IntrS dropping significantly in the dry season. The most striking effect was on the PLFAs of fungi at the G. senegalensis site, which for OutS and IntrS became extremely low in the dry season but then for IntrS showed a dramatic increase in the wet season (1,495% increase). The other general outcome was that averaging across all sampling sites and seasons for both shrub species showed that, on a nmol basis, Gram+ was higher than Gram- bacteria.

Principal component analysis of soil microbial community had a total variance of 65% explained by the first two axes, with the first axis explaining 47% of the total variance in PLFA community composition (Figure 2). Plant species did not show marked differences for the microbial community structures. The strongest factor in structuring the communities was the location of the soil sample; OutS vs. RhizS (p < 0.001). PCA showed that the communities from the IntrS during the wet season were similar to those of the RhizS. Samples from the OutS clustered, and within this cluster they were separated primarily based on the season and then by the shrub species.
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FIGURE 2. Principle Component Analysis based on 23 phospholipid microbial markers from soil associated with G. senegalensis (GS) and P. reticulatum (PR) which are shrubs that co-exist with row crops in the Sahel. The vectors are joint plots of enzyme activities. Soil samples (RhizS, shrub rhizosphere soil; IntrS, inter-root soil; and OutS, outside the influence of shrub soil) are from the dry season (DS) and wet season (WS).


The FUN/BACT PLFA ratio was also affected by the presence of shrubs, which was highest in RhizS, followed by IntrS and OutS for both shrubs during both wet and dry seasons (Figure 3), except for P. reticulatum in dry season, where it was similar between IntrS and OutS. The FUN/BACT ratio was significantly higher in all soil locations of both shrubs during the wet season, except for OutS of G. senegalensis, where the ratio was higher in the dry season.


[image: Figure 3]
FIGURE 3. Stress indicators (19:0cy/18:1ω7c or SAT/MONO ratios) and FUN/BACT PLFA ratio extracted from soil associated with (A) G. senegalensis, and (B) P. reticulatum. Soil samples (RhizS, shrub rhizosphere soil; IntrS, inter-root soil; and OutS, outside the influence of shrub soil) are from the dry season (DS) and wet season (WS). Bars are standard deviations. The lower case letters represent mean separation between sampling locations and upper case letters represent mean separation between seasons for the same soil location.





DGGE Profiling

Analysis of DGGE banding data from 16S DNA bacteria profile (Figure 4A) using PCA (Figure 4B) explained a total of 33% for the first two axes. Samples from the RhizS clustered and separated from the IntS and OutS (ANOVA p < 0.01), whereas there was minimal separation due to season for the DGGE bacterial profile (Figure 4B). The comparison of the DGGE bacterial banding between new roots and old roots for both species (Figure 4A) showed that the number of bands were higher and more intense in soil associated with new roots than soil associated with old roots during the wet season. During the dry season, intensity of bands was similar, and there was a small but non-significant difference for the number of bands between those two communities.


[image: Figure 4]
FIGURE 4. (A) Bacterial DGGE profile of 16S rDNA PCR product extracted from soil, and (B) PCA ordination analysis of DGGE banding profiles. Samples are from the wet (WS) and dry season (DS) in two sites with G. senegalensis (GS) and P. reticulatum (PR) shrubs. M, marker; OS, outside the influence of shrub soil; IS, inter-root soil; O, old roots; and N, new roots. In DGGE gel image M, marker; OS, outside the influence of shrub soil; IS, inter-root soil; O, old roots; and N, new roots. In PCA plot RhizS, shrub rhizosphere soil; IntrS, inter-root soil; and OutS, outside the influence of shrub soil.


For the fungal community, the first two axes of PCA of bands explained 33% of the data (Figure 5). Samples clustered for the dry season but not based on sampling location. This was the opposite of bacterial samples where there was a weak seasonal effect but strong soil sampling location effect. During the dry season, fungal community in the RhizS was similar to IntS. The opposite was observed during the wet season where there was a separation between RhizS and IntS.
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FIGURE 5. (A) Fungal DGGE profile of 28S rDNA PCR product extracted from soil and (B) PCA ordination analysis of DGGE banding profiles. Samples are from the wet (WS) and dry season (DS) in two sites with G. senegalensis (GS) and P. reticulatum (PR) shrubs. In DGGE gel image M, marker; OS, outside the influence of shrub soil; IS, inter-root soil; O, old roots; and N, new roots. In PCA plot RhizS, shrub rhizosphere soil; IntrS, inter-root soil; and OutS, outside the influence of shrub soil.




Stress Ratio Indicators

The stress indicators, Cy 19:0/18:1ω7c and SAT/MONO, were lowest in RhizS followed by IntrS and OutS during both the dry and wet season in the case of both shrubs (Figure 3). The only exception was that SAT/MONO during the wet season for G. senegalensis was similar between RhizS and IntrS.

Both Cy19:0/18:1ω7c and SAT/MONO in OutS did not differ significantly between dry and wet seasons. However, Cy19:0/18:1ω7c and SAT/MONO in RhizS and IntrS were significantly higher in dry season than in the wet season of both shrubs, except for SAT/MONO in RhizS of G. senegalensis, which was similar between dry and wet season.



Diversity Indices

The Shannon-Wiener diversity index (H') of PLFA was highest in RhizS for both shrubs in both seasons (Table 2). In the dry season H' index of IntrS and OutS were statistically similar, whereas, in wet season H' index of Intr S was statistically similar to Rhiz S in both shrubs. The evenness scores, although lower than H' index, demonstrated the same pattern as H' index for both shrubs in both seasons. The dominance index (D), in contrast, was highest for OutS and lowest for RhizS in dry season of both shrubs. In the wet season, the D index in G. senegalensis was highest for RhizS, with OutS showing no statistically significant differences between RhizS and IntrS. Whereas, in the case of P. reticulatum, IntrS demonstrated the highest dominance index, followed by RhizS and OutS.


Table 2. Diversity indexes based on PLFA profiles.
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The microbial diversity in OutS did not change between seasons based on diversity indices analysis, as H', E and D indices remained statistically similar between dry and wet seasons in both shrubs (Table 2). The Shannon and evenness index in RhizS also stayed the same between the dry and wet seasons, whereas the dominance index in RhizS was higher in the wet season than in the dry season in both shrubs. The IntrS exhibited higher H', E and D indices values in the wet season than in the dry season in both shrubs, except for dominance in G. senegalensis, which was higher in the dry season.




DISCUSSION


Microbial Community and Enzyme Activities

Both PLFAtot and MBC showed that RhizS maintained the highest microbial biomass over soil of the IntS and OutS locations in both wet and dry season (Table 1). Similarly, diversity analysis using PLFAs showed that RhizS had greater microbial diversity than these other sampling locations, again in both seasons (Table 2). Similar to our findings, several studies on crop systems have shown that rhizospheric soil has higher population densities of bacteria and fungi compared to inter-root soil (Curl and Truelove, 1986; Norton and Firestone, 1991; Maloney et al., 1997; Semenov et al., 1999; Steer and Harris, 2000; Marschner et al., 2002; Butler et al., 2003). Furthermore, it is consistent with Debenport et al. (2015), who showed greater diversity in soil beneath canopies of P. reticulatum and G. senegalensis than soil outside the influence of these shrubs using phylogenetic biomarkers. However, this study was only done on samples collected in the rainy season. Our current study shows that this diversity and increased microbial biomass in rhizosphere soil of these two shrub species is maintained in the dry season (~6 months after rains had stopped).

Summing PLFAs into the functional groups (Gr+, Gr-, fungi, and actinomycetes) indicated that across sampling locations, the pattern of response was quite similar for all these functional groups (in dry season RhizS >> IntrS ≥ OutS; in wet season RhizS similar to IntrS > OutS). This reflects the fact that PLFAs represent broad microbial functional groups. Nonetheless, diversity analysis of PLFAs and DGGE analysis for bacteria do suggest the RhizS is maintaining a more diverse community in both seasons and; on the other extreme, OutS has the lowest diversity. Based on PLFA profiling, the G. senegalensis site showed a major shift in fungal biomass between seasons in the IntrS compared to the OutS that was the lowest compared to all other samplings. The soil at the G. senegalensis site is very sandy and has low organic matter (as is typical of where G. senegalensis dominates in the northern/drier region of Senegal) (Dossa et al., 2010).

The most notable effects of the RhizS based on PLFA profiling was for the fungal and Gr+ bacteria which were significantly greater than OutS in both seasons and shrub species. This is in accordance with the study by Priha et al. (2001) who found that fungal markers 18:2ω6,9c and branched fatty acids, which have commonly been found in Gr+ bacteria (O'Leary and Wilkinson, 1988) were dominant in birch rhizosphere (Betula pendula Roth). They attributed this difference to a higher dominance of Bacillus species in birch rhizosphere. Butler et al. (2003) also showed a greater amount of the PLFA marker i15:0, which is generally attributed to Gr+ bacteria, in the rhizospheric than soil outside the shrub canopy. The same authors found that 18:2ω6,9c was the most highly enriched when 13C-labeled glucose or acetate was added to soils. Analysis of rhizosphere DNA indicated that Gram+ bacteria can be more dominant in the rhizosphere (Smalla et al., 2001).

When water is widely available in the rainy season, this RhizS microbial response in the rhizosphere is largely due to elevated organic inputs that are released and available around roots. Roots produce soluble organic compounds such as carbohydrates, proteins, ad amino acids, sloughed off root cells, and mucilage. This complex mixture of organic compounds provides a source of reduced carbon, nitrogen, and other nutrients to support larger and more diverse microbial communities. This is supported by the higher inorganic N level we found beneath the canopy of both shrubs and by Diedhiou-Sall et al. (2013) who, at the same site as our study, found 45 and 33% greater total C, and 10 and 11% greater total N soil beneath than outside the canopies of P. reticulatum and G. senegalensis, respectively.

However, in the dry season it would be expected that microbial biomass and diversity would be diminished, even with the organic inputs in the RhizS, because of a lack of water. This dry season response did happen for the soil outside the influence of both shrub species and the IntrS location. However, microbial biomass and the diversity based on PLFA markers in the RhizS were maintained in the dry season and significantly higher than IntS. In contrast, there was no difference in the rainy season between IntS and RhizS for these measures, but outside the influence of the shrub, these microbial properties were lower at that time. This would suggest that there is significant diffusion of C and nutrient-rich exudates from the shrub roots and/or that long-term root turnover beneath the shrubs has built up labile organic resources in the IntrS. So, in the summer when water is not limiting, it has very similar microbial properties to the RhizS.

Soil moisture varied widely in the IntrS and particularly for the OutS locations because of the extended dry season from November to June when there is virtually no rainfall. This is likely the major reason for the large changes in microbial communities we noted between seasons for these soil locations based on PLFA analysis. In contrast, PLFA profiling of the RhizoS microbial communities was much more similar and stable between seasons. This can be attributed to hydraulic lift by shrubs that release water year around (Kizito et al., 2012; Bogie et al., 2018). Bogie et al. (2018) confirmed, using isotopically labeled water, that hydraulically lifted water by G. senegalensis is transferred to adjacent millet plants.

The soil moisture data in our study supports the role of hydraulic lift by these shrubs in providing water to microorganisms during the dry season. Indeed, this is reinforced with RhizS having significantly higher levels than the other sampling locations at both sites in the dry season (Table 1). Extrapolating from Bogie et al. (2018) on the same soils, the Kuer Matar soil has a wilting point of 1.87%, whereas the soil moisture in the current study in the dry season was 2.64% for the RhizS soil which is estimated to be 47% of field capacity. Although a similar relationship of elevated RhizS at 2.41% soil moisture for the Nioro site it was only slightly higher than wilting point of 2.33% [based on estimate using data from Bogie et al. (2018)]. None-the-less, this was over 5-fold higher than soil outside the influence of P. reticulatum during the dry season.

Another effect is microclimate shading of the shrubs (Young, 1995; Stark and Firestone, 1996; Eviner, 2001; Myers et al., 2001). Indeed, Kizito (2006) showed that shrubs buffer diurnal temperature by a 5°C difference. This could affect the microorganisms directly by the lower temperature and by reducing moisture losses below the canopy that is present in the dry season. However, this effect would only occur in the extended dry season for our study site because, following farming practices, the shrubs were coppiced in late spring in preparation for the cropping season.

Litter inputs provide organic inputs and nutrient sources for the near-surface soil for both the RhizS and IntrS microorganisms (Ben-David et al., 2011). Since this is a cropped field, there is some shallow tillage which presumably could incorporate litter to a depth of 5–10 cm. This would be an additional factor for the lower levels of microbial properties outside the influence of the shrubs, that receives limited or only crop residue.

Diversity analysis followed the conclusions reported above for microbial biomass and PLFA profiling of the microbial community. The Shannon (H') and Evenness (E) indices were higher for RhizS than IntrS and OutS during the dry season, but in the wet season, H' and E indices of RhizS and IntrS were similar—again showing that rhizosphere soil and soil between roots but below the canopy become similar from a diversity perspective when there is adequate water. The higher H' index of RhizS in the dry season is perhaps due to hydraulic lift by shrubs (Kizito et al., 2012), whereas IntrS moisture fluctuates between dry and wet season causing lower diversity in dry season. Over the year, soil beneath the canopy receives litter inputs and has root turnover—thus, when there is adequate water in the wet season, IntrS supports greater diversity of microbial community.

The OutS showed a higher Simpson's dominance than RhizS and IntrS during the wet season due to low soil moisture and nutrient availability outside the canopy in the dry season. In the wet season, an increase in dominance was noticed in both RhizS and IntrS compared to the dry season, whereas the Simpson index in OutS remained unaffected between seasons. Enhancement of relative abundance of several populations in RhizS and IntrS in the wet season could be due to the influence of the shrubs on soil microorganisms under optimal moisture and nutrient conditions.

Enzyme activities provide information on the potential of the soil to carry out discrete reactions, which for out study were ones involved in degradation of organic inputs and nutrient mineralization. Of the sampling locations, RhizS consistently had the highest levels of activity, and joint plots of enzyme activities showed a strong correlation to the rhizosphere community composition. Thus, this would suggest that the greater diversity that increases from the OutS, to the IntrS, to the RhizS results in a soil community that has more potential to decompose litter and root inputs and to release nutrients. This follows Dossa et al. (2009) who found that soil from beneath these same shrub species had greater nitrogen and phosphorus mineralization potential.

Correlation analysis of PLFA biomarker functional groups showed high r-values among these groups and with PLFAtot (Supplementary Table 1). This would suggest that although all groups were different on an abundance basis this difference was similar or consistent across groups as evidenced by the high correlations.

During the dry season, the lack of water probably limited fungal growth and activity, more so than bacteria. This may explain the lack of difference between the OutS and the inter-root soil for chitinase activity, which is largely associated with the presence of fungi (Sinsabaugh et al., 1993; Sinsabaugh and Moorhead, 1994; Bandick and Dick, 1999). Urease activity was closely related to PLFA biomass which may be due to the fact that ammonium (the product of urease activity) is tightly linked to microbial assimilation (Sylvia et al., 2005). Since organic C and total P is higher in the soil beneath these shrubs (Dossa et al., 2009), increases in acid phosphatase and β-glucosidase activities in the rhizosphere would be expected, as the microbial community would stimulate these enzymes in response to elevated levels of litter substrates and root exudates into the RhizS over OutS that would lack these organic inputs. This is supported by inorganic N levels that were highest in the RhizS soil, which results from the activity of hydrolytic enzymes involved in releasing N from organic matter. Overall, there was a good correlation between enzyme activities and PLFAtot (r = 0.70, p < 0.01). Fernandes (2006) also found significant correlation between enzyme activities and PLFA analysis. These results and that of the joint plots indicate that RhizS of these shrubs has greater potential to decompose organic matter and mineralize nutrients than the IntrS and OutS.



PLFA vs. DGGE

The PLFA profiling showed a consistent seasonal and sampling location effect on microbial community structure in both univariate microbial PLFA functional group data and based on diversity/clustering using multivariate PCA analysis. A somewhat similar effect for bacterial DGGE diversity analysis was found but not for fungal DGGE PCA analysis across both shrub species.

These divergent effects between PLFA and DGGE are because they measure different parameters. The PLFA method is a direct and quantitative chemical extraction of a cellular biomarker of living cells and is representative of major microbial groups and the overall community. Conversely, the PCR-DGGE analysis depends on amplifying DNA which, for one, may not have come from living material. Furthermore, amplification can be biased, while detecting only 1–2% of the microbial population representing the dominant species present in an environmental sample (MacNaughton et al., 1999). Thus, the DGGE analysis is likely representing a sub-population of what is represented by PLFA biomarkers. Smalla et al. (2001) reported a seasonal difference in the composition of the bacteria community using DGGE analysis. But in their study, they compared the microbial communities over many years. In the present study, the dry season was contrasted with the wet season in a 6-month period.

For the DGGE fungal community, the seasonal effect was more evident in separating the communities than the rhizospheric effect. Buyer et al. (2002), using PLFA methods, also reported the weak separation of the fungal community primarily based on the rhizosphere influence, but they found a clear rhizospheric effect for the bacterial community.



Microbial Stress Indicators

In the present study, the stress indicators 19:0cy/18:1ω7c and SAT/MONO were higher in the IntrS than the RhizS during both dry and wet seasons, with greater differences noticed during the dry season, where higher levels means greater stress (Willers et al., 2015). The lower stress for the RhizoS location in dry season can be attributed to greater water availability (Table 1) that can only be due to hydraulic lift by the shrubs. In all seasons the RhizoS would be under lower nutrient stress due to the release of root exudates and root tissue turnover (Zelles et al., 1992; Kieft et al., 1994, Zelles et al., 1995; Bossio and Scow, 1998).

The FUN/BACT ratio was highest in RhizS during both seasons, with less difference, but still significantly different between IntrS and RhizS during the wet season. This ratio has been suggested as an indicator of soil microbial community stability (Bardgett and McAlister, 1999; Zelles, 1999). In the present study, water is available in the RhizS that not only directly supports the microbial community but also enables decomposition of litter to proceed in the dry season, providing C and nutrient resources for microorganisms. This could explain fewer differences in FUN/BACT ratio between IntrS and RhizS in the wet season than in the dry season.



Perspectives

The two shrub species were on two different soil types. Therefore, it was not possible to compare shrub species. The degree to which rhizospheric communities are controlled by plant species, rather than soil type, is not clear, as there are studies in which plant species growing in the same soil had similar rhizospheric microbial communities, indicating that the influence of the soil may be greater than that of the plant (Buyer et al., 1999; Latour et al., 1999, Blackwood and Paul, 2003). Overall, results of DGGE analysis should be analyzed carefully, because PCR-DGGE can detect only part of the dominant species present in an environmental sample (MacNaughton et al., 1999). The sensitivity of analysis is chiefly limited by the resolving power of the DGGE gel and the imaging system used (Jongman et al., 1995; Fromin et al., 2002). We found PLFA profiling and enzyme activities were more sensitive than DGGE in reflecting the microbial differences across the various soil sampling locations.

The presence of shrubs resulted in more active and diverse communities compared to soil outside the influence of the shrubs. Moreover, during the dry season, shrubs maintained a wetter soil environment, which can be attributed to hydraulic redistribution of water from the wet subsoil to the drier surface soil and was likely important in stimulating the microbial communities. The RhizS had higher enzyme activities in soil in the dry season that was quite similar to the wet season data. PLFA microbial profiling and enzyme activities were significantly inter-correlated and clearly showed strong rhizospheric and seasonal effects.

The results of the present study have implications for plant-microbial interactions relative to biogeochemical processes and organic matter decomposition. A priori it would be expected that in these semi-arid agro-ecosystems, any biologically-driven soil processes would largely stop during the dry season. The results of this study suggest otherwise: indeed, that diversity and activity of microbial communities are maintained in the shrub rhizosphere soil during the dry season, presumably due to hydraulic distribution. This is important because these shrubs co-exist with crops throughout the Sahel and therefore, during the dry season, shrub rhizospheres should be able to promote organic matter decomposition and nutrient mineralization and allow for release of plant available N, P, and S. The lack of rain during the dry season would allow for the accumulation of inorganic nutrients that are plant available, because there is no rainfall to cause leaching of nutrients beneath the rooting zone. This follows what farmers report: that if a crop can be established and maintained with the first rains, they get their highest yields on millet, because they can presumably take advantage of nutrients that have accumulated over the dry season. In contrast, if they have to replant when the early rains do not sustain crop growth of the first planting, yields are lower because the accumulated nutrients were leached out of the rooting zone during the early rains (personal communication, Ibrahim; Diedhiou, 2020). Indeed, the elevated levels of inorganic N in both seasons at the RhizS site would support the importance of shrubs combined with hydraulic lift in driving biological nutrient mineralization that would result in the accumulation of nutrients over the dry season that would subsequently be available to crops in the early growing season.

Clearly, our results show that shrubs promote microbial communities and their activity, but further studies are required to determine if these shrub rhizospheres also harbor beneficial microorganisms that could assist crops during the growing season and whether shrub rhizospheres influence the crop rhizosphere microbial communities that grow within the influence of these shrubs. If shrubs harbor microorganisms that can fix N, solubilize P, produce plant hormones, and/or suppress diseases, this would be very helpful for subsistence farmers to reduce or eliminate external, purchased inputs for crop production. It offers the opportunity to develop shrub-crop systems that are optimized to take advantage of local biological interactions to promote food productivity and reduce risk in this semi-arid environment.
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Outside shrub Inter-root Rhizosphere
G. senegalensis
Inorganic N Dry 6.7 bAt 12.02A 142aA
(g NOs-N + NHa-N g™') Wet 82bA 14.7 A 152 A
MBC (g g~') Dry 8.1cB 245b8 37.728
Wet 12.1cA 343bA 45.7 aA
PLFAty (1ol =) Dry 97 bA 12,968 32.8aA
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Soil moisture Dry 0488 1468 24128
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rThe lower case letters represent means separation between sampling locations within a row and upper case letters represent means separation between seasons for the same soil
location; where values followed by the same letter are not significantly different at P < 0.05.
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*The lower case letters represent means separation between sampling locations and upper case letters represent mean separation between seasons for the same soil location; where

values followed by the same letter are not significantly different at P < 0.05.
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