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Conventional oil spill recovery practices can damage sensitive habitats, like freshwater shorelines, and leave residual oil in the environment, causing chronic exposure to interacting biota. Non-invasive remediation efforts are required to enhance recovery of residual oil after primary recovery without further environmental damage. Engineered Floating Wetlands (EFWs), also known as Floating Treatment Wetlands, have been used around the world for phytoremediation and biodegradation of aquatic contaminants. EFWs have the potential to increase crude oil biodegradation by enhancing surface area for microbial colonization and interaction with contaminants in the water column. To assess changes in the prokaryotic and eukaryotic microbial communities associated with EFWs in conjunction with primary recovery of shoreline washing, a contained oil spill of diluted bitumen was conducted in a shoreline enclosure in an experimental lake at the International Institute for Sustainable Development Experimental Lakes Area, northwestern Ontario, Canada, in 2019. Total polycyclic aromatic compound (PAC) concentrations in the water column of the experimental enclosure peaked 20 days post spill, declining to near background conditions by day 66, and were dominated by 2-, 3-, and 4-ring alkylated PACs. Although total sediment PACs were highly variable and were influenced by pyrogenic sources (e.g., retene from wood combustion/forest fires) in all sites, concentrations in the experimental enclosure indicated influence from diluted bitumen. The EFW prokaryotic community was diverse and evenly distributed, while the eukaryotic community had lower richness and evenness, with a few dominant organisms. To our knowledge, this was the first in-lake experiment studying EFWs for oil spill remediation under natural environmental conditions, responding to scientific and industrial research needs. While we were unable to confirm whether community shifts were a result of diluted bitumen or seasonal changes, EFWs supported natural microbial diversity, with presence of amplicon sequence variants capable of degrading PACs without the need for bacterial inoculation. Further research should assess EFW microbial changes with other oil products commonly transported in Canada. As well, assessing target PAC degradation rates, EFW surface area requirements, and microbial activity will continue to advance collective knowledge in this field on the potential of EFWs as a secondary remediation strategy.
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1 INTRODUCTION
Canada has the third largest crude oil reserve in the world (Dupuis and Ucan-Marin, 2015; Natural Resources Canada, 2020) and is one of the top producers and exporters of oil (Natural Resources Canada, 2020). In the last 30 years, bitumen production in Canada has increased five-fold, from producing 135 thousand barrels per day (8% of crude oil production) in 1990 to 1.8 million barrels per day (∼40% of crude oil production) in 2019 (Canada Energy Regulator, 2021a)1. Bitumen is a highly viscous product, which must be diluted for some transport mechanisms (e.g., pipelines). Diluted bitumen, hereafter referred to as ‘dilbit’, is often a mixture of 70% bitumen and 30% diluent, such as condensate or naphtha (Lee et al., 2015; Canada Energy Regulator, 2021c). The export of dilbit increased from 17% to 63% of total Canadian crude oil exports from 1990 to 2019 (Canada Energy Regulator, 2021b)1. The increase in production and transport of bitumen or oil products puts nearby ecosystems at risk for accidental spill events, and thus spill responders and industry should have reliable and effective remediation methods in place for such incidents (Chang et al., 2014; Murray et al., 2018).
Conventional response methods, such as mechanical recovery, can be costly and invasive (Yavari et al., 2015). For example, mechanical recovery in shoreline environments can cause significant damage through excavation and/or removal of vegetation (Hoff, 1995; Pezeshki et al., 2000; Zhu et al., 2001; Lee et al., 2015) and chemical methods, such as dispersant use, can increase oil exposure to interacting organisms and dispersants have not been approved for use in freshwater in Canada (Lee et al., 2015). Biological remediation may be a less-invasive and cost-effective alternative with potential to increase degradation of spilled oil (Rehman et al., 2018). Biodegradation of oil, commonly referred to as monitored natural recovery, occurs when microorganisms metabolize petroleum carbon compounds for energy (Magar et al., 2009). This breakdown can be enhanced by nutrients (biostimulation) or bacterial inoculants (bioaugmentation), and can also be naturally stimulated by plants and their root exudates (Lee et al., 2015). In an oil spill scenario, enhanced metabolism of petroleum may be performed by increasing plant surface area through deploying engineered floating wetlands (EFWs). EFWs, also referred to as floating treatment wetlands (FTWs), are platforms of emergent vegetation with roots growing into the water column. This increases surface area interaction with contaminants for phytoremediation and microbial biofilm development for biodegradation (Tanner and Headley, 2011; Shahid et al., 2018). There has been growing interest and success in the use of EFWs to enhance microbial biodegradation of oil compounds, summarized in Stanley et al. (2022). This synthesis summarized findings from existing literature, concluding that the combination of plants and bacterial inoculants on EFWs had the greatest degradation potential, but plants alone were consistently more successful than bacteria alone. Authors further highlighted a need to study this remediation strategy in field-based trials and under variable environmental conditions, such as cold freshwater lakes. As well, a need to understand the potential of the native microbial community on EFW roots for in situ oil spill remediation, without bacterial inoculation (Stanley et al., 2022).
Research at the International Institute for Sustainable Development Experimental Lakes Area (IISD-ELA) in northwestern Ontario, Canada, explored the use of EFWs for secondary remediation of oil spills in freshwater shorelines of a boreal lake, as part of the FLOating Wetland Treatments to Enhance Remediation (FLOWTER) project. Canada’s boreal zone occupies 28% of land (552 million ha), of which 71 million ha is occupied by lakes, ponds, and rivers (Brandt et al., 2013). Conducting research at the IISD-ELA allows researchers to understand how oil spills may impact and be treated in similar environments. Studies conducted at the site also benefit from years of baseline data that is often missing to assess recovery following an oil spill incident (Lee et al., 2015).
The objective of this study was to monitor changes to the microbial community on EFW roots upon exposure to a controlled dilbit spill following primary recovery, and to monitor changes to polycyclic aromatic compound (PAC) chemistry in the water and sediment of the oiled and unoiled reference sites. We hypothesized that the community would shift in the presence of oil to microorganisms known to consume and degrade hydrocarbon compounds. To the best of our knowledge, this was the first freshwater, in-lake experiment to study controlled oil spills and EFWs.
2 MATERIALS AND METHODS
2.1 Research design and site description
The contained oil spill was conducted in a wetland shoreline enclosure on Lake 260, a boreal experimental lake at the IISD-ELA, in 2019 (volume = 1,975,969 m3, surface area = 332,460 m2, max depth = 15.64 m; IISD-ELA, 2022). Enclosures, previously described in Ankley et al. (2021), encompassed <20,000 L of shoreline aquatic habitat and were constructed with a floating collar (5 m wide x 10 m long) attached to an impermeable polypropylene curtain, sealed to the lake sediment and 5 m onto the shore with a double layer of sandbags (Curry Industries Ltd., Winnipeg, MB, Canada) (Supplementary Figure 1). The study included an experimental enclosure (oiled; EE), a reference enclosure (unoiled; RE), and a general surrounding lake reference site (unoiled; LR), noting there was no site replication. Due to limited appropriate wetland shoreline area and maximum depth (≤2 m), the EE was shortened to approximately 6 m long into the aqueous environment in efforts to maintain similar enclosure volumes.
2.1.1 Oil application and recovery
Cold Lake Winter Blend dilbit, sourced from pipeline stocks provided by the Canadian Association of Petroleum Producers (CAPP), was weathered on June 19–20, 2019 for 36h by exposing 9 kg of oil to sunlight and air movement in a 1.1 m diameter stainless steel pan over ∼220 L of lake water, as described in Palace et al. (2021). Weathering was performed to simulate oil that would typically reach the shoreline environment after a spill event. During the weathering process, oil undergoes evaporative loss of lighter compounds (e.g., BTEX), altering its chemical and physical characteristics, including an increase in viscosity and density that make recovery of an aquatic spill more difficult (Lee et al., 2015). After weathering, the oil was collected from the surface of the water in the weathering pan using slotted stainless steel spoons and 1,444 g was applied in the EE at the near shore (within 50 cm of the bank) environment on 21 June 2019. Shorelines were treated 4 days after oil addition (25 June 2019) to allow floating oil to strand naturally on the shoreline and to simulate conservative response times in remote locations. The EE received primary recovery of shoreline washing for 12 minutes through pumping enclosure water (1,600 L) over the shoreline with a low pressure manifold and collecting oil on the water surface with polypropylene sorbent media (Spill Ninja, MEP Brothers, Winnipeg, MB, Canada). Cleanup treatment followed response industry standards for wetland (vegetated) shorelines. Primary recovery removed 49.4 g of dilbit, leaving 1,394 g (97%) of residual oil on the shoreline and in the enclosure. The selected shoreline treatment method was non-invasive and did not include any attempts to scrub oil from surfaces or activities that would alter the shoreline and native vegetation. Residual oil was then treated in the EE on 26 June 2019, with secondary remediation of an EFW located in the middle to far shore environment of the enclosure. The RE also received shoreline washing on 27 June 2019, followed by EFW addition. In order to conduct such research, contingency measures were implemented to minimize further impact to the lake ecosystem beyond the experimental regions (Supplementary Material, Section 1.1).
2.1.2 Engineered floating wetlands
EFWs were BioHaven Floating Islands sourced and produced by Martin Ecosystems (LA, United States), under license by Floating Islands International (MT, United States). The platform was made of recycled polyethylene terephthalate plastic and coated in polyurea for protection, with holes to transplant emergent vegetation (Floating Islands International, 2024). EFWs (1.14 m2; 21 holes of 7.62 cm diameter) were originally established in 2017 with local emergent wetland plants, Gold Label coconut mulch, and soil, and re-transplanted in June 2019 to replace dead plant material with coconut mulch and Typha sp. (cattail) and three Carex spp. (sedge); C. atherodes/utriculata, C. lasiocarpa, and C. pseudocyperus/hystericina (identified by Chris Penner, personal communication with Dr. Richard Grosshans, IISD, n.d.). Noting, Carex are particularly difficult to identify due to the high number of species, classified by minor changes in plant features (Naczi, 1992, as cited in Starr et al., 2009). EFWs plants were measured for heights and number of live plants, however, due to insect activity, measurements are not discussed herein.
2.2 Polycyclic aromatic compound chemistry
2.2.1 Water chemistry
Water was collected 3 days pre-oil addition and on days 1 through 6, 8, 12, 20, 38, 66, 87, 209, 263, 356, and 411 post-oil addition for PAC chemistry (where day 0 was the date of oil addition). Total PACs (n = 44) included 16 United States Environmental Protection Agency (2014) priority parent PACs and 28 alkylated PACs (which includes parent and alkylated heterocyclic PACs) (Supplementary Table 1). Water was collected in 1 L amber bottles using a peristaltic pump from the far shore environment in the enclosures (∼0.5 m from enclosure end and collecting approximately halfway through the water column) and transported in a cooler to the Centre for Oil and Gas Research and Development (COGRAD) laboratory at the University of Manitoba (Winnipeg, MB, Canada). Within 24 h of collection, 250 mL of each sample was vacuum filtered (1.2 μm, Whatman GF/C filter) and liquid-liquid extraction was completed following methods previously described in Dearnley (2022). Briefly, filtrates were transferred into separatory funnels which received 20 μL of 5 ng/μL recovery internal standard (suite of d8-naphthalene, d8-acenaphthylene, d10-acenaphthene, d10-fluorene, d10-phenanthrene, d10-pyrene, d12-benz(a)anthracene, d12-chrysene, d12-benzo(b)fluoranthene, d12-benzo(k)fluoranthene, d12-benzo(a)pyrene, d12-indeno(1,2,3-c,d)pyrene, d14-dibenzo(a,h)anthracene, and d14-benzo(g,h,i)perylene) and 10 g of sodium chloride (NaCl). Samples were extracted twice with 50 mL dichloromethane (DCM) by gently swirling liquids for 1 min. DCM was collected into round bottom flasks (total 100 mL DCM) and was reduced to approximately 2 mL using rotary evaporation. Sodium sulphate (Na2SO4) was added to remove any residual water from the extraction process (Dearnley, 2022) and samples were transferred to 12 mL round bottom borosilicate glass tubes with a Teflon lined screw caps. The remaining sodium sulphate was rinsed three times with Optima ™ grade hexanes (ThermoFisher Scientific), which was then transferred into the glass test tubes. Solvent exchange from DCM to Optima ™ hexanes was conducted using a nitrogen gas evaporator (N-EVAP™111, Organomation Associates Inc., MA, USA and OA-SYS Heating System), until 1 mL of sample remained. Each sample was spiked with 20 μL of an instrument performance internal standard (5 ng/μL d10-anthracene) and was transferred into an amber GC vial with a Teflon cap. PACs were detected and quantified on an Agilent 7890 gas chromatograph coupled to a 7000C triple quadrupole mass spectrometer (GC-MS/MS) following methods and GC-MS/MS conditions outlined in Idowu et al. (2018).
During each sampling period, a field blank was collected by opening an amber bottle containing 200 mL Optima ™ water (ThermoFisher Scientific) for the duration of sample collection. PAC extraction of field blanks followed the same protocols described above for experimental samples. Final concentrations were calculated using internal standard recoveries and blank correction. Of all samples analyzed, GC-MS/MS runs for two samples (EE and RE) on day 209 failed and are not included.
Water was also regularly monitored for basic quality parameters and was sampled bi-weekly for nutrient chemistry, discussed in Supplementary Material, Sections 1.2 and 1.3.
2.2.2 Sediment chemistry
Sediment cores were collected with a sediment corer (4.6 cm diameter x 30 cm long clear polycarbonate tube) in three random locations (n = 3) from each site 3 days pre-oil addition and on days 38, 66, and 91 post-oil addition. Single sediment samples were collected on days 263 and 642. Sediment samples were collected in triplicate for PAC chemistry, unlike the single water samples, to capture spatial heterogeneity of PAC concentrations resulting from variation in oil submergence and/or sediment characteristics. The top 5 cm of each sediment core was transferred into a 125 mL amber jar and refrigerated overnight to remove overlying water once particles had settled and then frozen at −20°C. Sediment PACs were extracted at the COGRAD laboratory using accelerated solvent extraction methods described in Dearnley (2022) and quantified on GC-MS/MS as described above (Idowu et al., 2018).
2.3 Root microbial community
Three days before oil addition, single root samples were collected from a random location on each EFW. On days 38 and 91, root samples were collected from three random locations on each EFW (n = 3). Collected roots were transferred into a Whirl-pak® bag and placed onto dry ice until transported to a −80°C freezer before shipping to the National Research Council, Montreal, Quebec, Canada, for extraction and sequencing to assess microbial diversity.
2.3.1 Extraction, amplification and sequencing of gDNA
Root samples were extracted using the PowerSoil Max DNA extraction kit (cat#12988–10, QIAgen). Between 5 and 10 g of roots were weighed and transferred into a PowerMax Bead Tube containing 15 mL of PowerBead Solution. The extraction was done following manufacturer’s guidelines. The nucleotide acid elution was done with 3 mL of DNAse-free Ambion water. The extracted genomic DNA (gDNA) was quantified using the Quant-iT™ PicoGreen™ dsDNA Assay Kit (cat#. P7589, ThermoFisher Scientific).
Taxonomic 16S (prokaryotic) and 18S (eukaryotic) ribosomal ribonucleic acid (rRNA) gene amplifications were done on all the gDNA samples. Bacterial communities, including eubacteria and archaea, were targeted using the primer set 515F-Y (5′- GTGYCAGCMGCCGCGGTAA-3′)/926R (5′-CCGYCAATTYMTTTRAGTTT-3′). The 18S rRNA gene region of the eukaryotic ribosomal DNA was amplified using the primer set 565F (5′- CCAGCASCYGCGGTAATTCC-3′)/948R (5′- ACTTTCGTTCTTGATYRA-3′). Primers contained the required Illumina adaptors at the 5′end of the primer sequences (5′-TCG​TCG​GCA​GCG​TCA​GAT​GTG​TAT​AAG​AGA​CAG-3′ for the forward primer and 5′-GTC​TCG​TGG​GCT​CGG​AGA​TGT​GTA​TAA​GAG​ACA​G-3′ for the reverse primer).
The V4-V5 region of the bacterial 16S rRNA gene and the V4 region of the eukaryotic rRNA gene were amplified in 25 μL volumes using 12.5 μL of KAPA HiFi HotStart ReadyMixPCR Kit (Roche), 10 μM of each primer, Ambion nuclease-free water, 20 μg of BSA and 1 μL of gDNA. Thermal cycling conditions were as follows: initial denaturation at 95°C for 3 min; 30 cycles at 95°C for 30 s, 55°C (for 16S primers) or 50°C (for 18S primers) for 30 s, 72°C for 30 s; and a final elongation at 72 °C for 7 min. PCRs products were visualized on SyBrSafe-stained 1% agarose gels. PCR amplicons were purified using 0.8X volume of magnetic beads solution (Agencourt AMPure XP, Beckman Coulter Life Science) according to the manufacturer’s protocol. Unique codes were added to each sample by amplifying 5 μL of the purified PCR product with 12.5 μL of KAPA HiFi HotStart ReadyMixPCR Kit, 150 nM of each Nextera XT Index Primer (Illumina Inc., San Diego, CA, USA) and Ambion nuclease-free water for a total volume of 25 μL. Thermal cycling conditions were as follows: 3 min at 95°C, eight cycles of 30 s at 95°C, 30 s at 55°C, 30 s at 72°C, and a final elongation step of 5 min at 72°C. Indexed amplicons were purified with the magnetic beads as previously described and quantified using the picogreen fluorescence method and combined in an equimolar ratio.
Paired-end sequencing (2 × 250 bp) of the 16S and 18S rRNA gene amplicon pools was carried out on an Illumina MiSeq sequencer at the National Research Council (Montreal, QC, Canada) using the MiSeq Reagent kit V2, 500 cycles (cat# MS-102–2003, Illumina).
Sequencing data was analyzed using AmpliconTagger (Tremblay and Yergeau, 2019). Briefly, raw reads were scanned for sequencing adapters and PhiX spike-in sequences. Remaining paired-end reads were processed to remove primer sequences (pTrimmer v1.3.3; Zhang et al., 2019) and discard reads having an average quality Phred score lower than 20. The remaining sequences were processed for generating Amplicon Sequence Variants (ASVs) (DADA2 v1.12.1; Callahan et al., 2016). Since the quality filtering step was performed in a separate upstream step, we used more lenient parameters for the DADA2 workflow which is summarized as follows: filterAndTrim (maxEE = 8, truncQ = 0, maxN = 0, minQ = 0). Errors were learned using the learnErrors (nbases = 1e8) function for both forward and reverse filtered reads. Reads were then merged using the mergePairs (minOverlap = 10, maxMismatch = 0) function. Chimeras were removed with DADA2’s internal remove BimeraDeNovo (method = ‘consensus’) method followed by UCHIME reference (Rognes et al., 2016). ASVs were assigned a taxonomic lineage with the RDP classifier (Wang et al., 2007) using the complete SILVA release 138 database (Quast et al., 2012) limited to 16S and 18S entries. Taxonomic lineages were combined with the ASV abundance matrix obtained above to generate a raw ASV table, from which the prokaryotic or eukaryotic ASV tables were generated. A total of 6,365 and 3,263 ASVs were obtained for 16S and 18S data types respectively.
2.4 Data analyses
No statistical comparisons were made as there was no enclosure replication. Results can be used as a case example to assess whether EFW microbial communities change upon oil exposure, and to inform future replicated research to assess potential of plants and EFWs for secondary oil spill recovery. Trends were analyzed using R (4.2.2) in R Studio (2023.09.1 + 494; Posit Team, 2023; R Core Team, 2022) primarily with tidyverse (v. 2.0.0, Wickham et al., 2019). Trends in PAC concentration were prepared for dissolved-phase PACs and trends in mean PAC concentration with standard deviation (error bars) of site replicates were prepared for sediment PACs to visualize replicate variability within each site.
Rarefied ASVs, based on the lowest yield, were analyzed for richness (alpha and chao1) and diversity (Shannon and Simpson), as provided from the National Research Council of Canada, for Bray-Curtis beta diversity with a principal coordinate analysis (PCoA), and taxonomic profiles using R Studio (2023.09.1 + 494; Posit Team, 2023; R Core Team, 2022), visualized with ggplot2 (v. 3.4.1, Wickham, 2016). Additional R packages used for data analyses are included in Supplementary Table 2.
Metazoans and class Embryophyta (land plants) had high relative abundance but were removed to analyze the eukaryotic microbial community. Eukaryotic ASVs were inconsistently identified to genus, and often subphyla or clades were inserted into the classification. Edits (such as the removal of subphyla or classes confirmed with the SILVA database (R138.1) (SILVA, 2023; Quast et al., 2012; Yilmaz et al., 2014; Glöckner et al., 2017), World Register of Marine Species (WoRMS Editorial Board, 2023), and National Center for Biotechnology Information (Schoch et al., 2020) databases, and scientific literature) were made to correct or remove misplacement of taxonomic classifications (e.g., Phragmoplastophyta was misclassified as a phylum), however missing classifications once corrected (e.g., class/family) were not added. Taxonomic profiles present the lowest level identified.
3 RESULTS AND DISCUSSION
3.1 Polycyclic aromatic compound chemistry
3.1.1 Water chemistry
Total dissolved-phase PAC concentrations before oil addition were 290.21 ng/L, 27.38 ng/L, and 57.90 ng/L in the EE, RE, and LR, respectively (Figure 1). After oil addition to the EE, concentrations on day 1 were 1,591.23 ng/L, 95.84 ng/L, and 63.33 ng/L, respectively. The maximum concentration in the EE occurred on day 20, reaching 12,440.83 ng/L, within the chronic (>96 h) toxicity range for total polycyclic aromatic hydrocarbons (PAH) causing mortality (LC50) for freshwater biota (Lee et al., 2015). Total PACs on day 20 were 1,667.17 ng/L and 795.11 ng/L in the RE and LR, respectively. This peak was estimated to result from a precipitation event on day 19, a record rainfall of 145.6 mm in 24 h (IISD-ELA meteorological data), causing remobilization and reintroduction of oil from the shoreline and/or sediments. This was supported by the declining trend in total dissolved-phased PAC concentrations on days 8 and 12 after oil addition. Concentrations in the EE then declined to 2,336.03 ng/L on day 38, and later to 359.91 ng/L, nearing background conditions on day 66. Total PACs were relatively stable for the remainder of the experiment, where concentrations were last recorded on day 411 at 467.97 ng/L, 202.56 ng/L, and 119.51 ng/L in the in EE, RE, and LR, respectively. Figure 1 presents the first 87 days of exposure. The remaining data are presented in Supplementary Figure 2.
[image: Figure 1]FIGURE 1 | Total PACs (n = 44) in the water from 3 days pre-oil addition to day 87 post-oil addition. Vertical lines represent primary (dotted) and secondary (solid) remediation events.
Total PACs in the EE were primarily 2-, 3- and 4-ring alkylated PACs, with fewer ≥5-ring compounds (Supplementary Figures 3, 4), and with dominance (mean >100 ng/L) of alkylated naphthalenes (C2, C3, and C4), dibenzothiophenes (C1 and C2), C2-pyrene, and C1-fluorene. Following oil addition, alkylated PACs had a mean (range; n = 16) of 90.65% (66.79%–99.28%), 70.56% (16.89%–98.49%), and 60.06% (4.28%–99.87%) of total PACs in the EE, RE and LR, respectively. Alkylated PACs are more persistent compared to parent compounds, have greater chronic toxicity to biota (Zhu et al., 2001; Lee et al., 2015), and increase with continued weathering and evaporative processes (Lee et al., 2015). Total PACs were higher than previous oil spill research at the IISD-ELA (Palace et al., 2021; Rodriguez-Gil et al., 2021), which may be a result of the oil product, PACs measured, analytical methods (Rodriguez-Gil et al., 2021), remediation efforts, site volume, and environmental conditions. For example, during this study we experienced an extreme precipitation event which may have caused redistribution and mixing of oil into the water column from the oil impacted shoreline, whereas in previous studies oil had sunk to the lake bottom (Stoyanovich et al., 2021) with potential accumulation in sediment through deposition, partitioning, and/or by direct contact (Stoyanovich et al., 2022). This illustrates the limitations of comparing to prior studies and past spill events.
3.1.2 Sediment chemistry
Significant variability was evident among total sediment PAC concentrations within replicates and there were high concentrations observed in unoiled sites, making it difficult to discern differences between sites over the exposure period. This was in part due to significant contributions from retene, a three-ring PAC, associated with combustion of wood (i.e., forest fires) or diagenic processes (Ramdahl, 1983; Gabos et al., 2001). Forest fires are a regular and essential disturbance for boreal forest rejuvenation (Brandt et al., 2013), and the study region is often impacted by nearby fires resulting in ash deposition and smoke, and also has signs of a historic fire in the watershed (1979; personal communication with Paul Fafard, IISD-ELA, February 2023). In all sampling periods, percent retene of total PACs ranged from 0.00% to 92.29%, 22.03%to96.80%, and 28.04%to97.68% in the EE, RE, and LR, respectively. The differences in ranges between sites suggest the EE may have other compounds contributing to total PACs in some replicates and/or sample rounds, potentially those of petrogenic origin. To assess changes in sediment PACs between sites, we reanalyzed PAC data excluding retene from total PAC concentrations (n = 43) (Figure 2) (trends of the complete dataset, including retene is included in Supplementary Figure 5).
[image: Figure 2]FIGURE 2 | Mean (±SD) total sediment PACs (excluding retene; n = 43) from 3 days pre-oil addition to day 91 post-oil addition. Error bars represent standard deviation of triplicate samples at each site. Vertical lines represent primary (dotted) and secondary (solid) remediation events. A sediment sample from the EE on day 91 was lost.
Mean total PACs (±SD; triplicate samples at each site) excluding retene (n = 43) during pre-oil conditions were 10.46 ± 1.26 μg/g, 10.86 ± 3.94 μg/g, and 5.78 ± 3.76 μg/g in the EE, RE, and LR, respectively, with large contributions from C1-pyrene (14.50%–44.05%). Concentrations increased with high variability on day 38 in the EE to 42.64 ± 54.65 μg/g, with large contributions from C3-dibenzothiophene (4.54%–20.59%), C2-dibenzothiophene (5.31%–19.13%), and C1-pyrene (5.68%–15.50%), however the largest change occurred on day 66 at 528.39 ± 909.17 μg/g, mostly of C4-phenanthrene (1.72%–87.47%) and C1-pyrene (6.54%–23.58%) in some samples. The variability among replicates indicates potential influence of sample location, similarly observed in Stoyanovich et al. (2022). Any oil globules contained in the EE sediment samples would have contributed to increased PACs and replicate variability. Sediment PACs in the RE were 18.17 ± 20.60 μg/g and 4.23 ± 3.44 μg/g on day 38 and 66, respectively, and were 10.36 ± 1.50 μg/g and 9.76 ± 3.37 μg/g in the LR, respectively, mostly C1-pyrene. Concentrations decreased in the EE on day 91, at 339.42 ± 200.17 μg/g (n = 2), almost fully contributed by C1-pyrene (98.89%–99.00%), with little contribution from alkylated dibenzothiophenes or phenanthrene, suggesting potential degradation, loss, or influence of sample location. Concentrations in the RE and LR were 34.77 ± 27.62 μg/g and 103.93 ± 167.73 μg/g, respectively. By day 263, concentrations were similar amongst all sites at 30.31 μg/g, 31.30 μg/g, and 36.61 μg/g, respectively (88.65%–93.81% C1-pyrene) (Supplementary Figure 6). On day 642, sediment PACs remained at 31.80 μg/g in the EE, while the RE and LR had 19.16 μg/g and 1.25 μg/g, respectively. It is clear there is a large contribution of C1-pyrene in the sediment, with and without oil exposure, and it is possible C1-pyrene and other sediment PACs, may have resulted from forest fires (Vergnoux et al., 2011), however the increase on day 38 and 66 in the EE, is likely contributed from dilbit.
Despite background PACs skewing interpretation of total PAC trends between oiled and unoiled sites, increases in mean trends of parent and alkylated PACs in the EE indicate potential influence from dilbit (Supplementary Figure 5). However, there was large variability captured within site replicates, which is likely a result of spatial heterogeneity due to sediment characteristics and/or oil submergence and PAC sorption. To assess whether PACs arose from petrogenic or pyrogenic sources, sediment PAC ratios are discussed in Supplementary Material, Section 1.4.
3.2 Root microbial community
3.2.1 Diversity
Root microbial 16S (prokaryotes) and 18S (eukaryotes) rRNA gene Bray-Curtis beta diversity of rarefied ASVs was analyzed using a PCoA to identify differences between EFWs over the experimental period. The PCoA for prokaryotic and eukaryotic beta diversity had 40.13% and 41.28% of explained variation on the first two axes, respectively (Figure 3). The communities of all three EFWs on day −3 were clustered together on both PCoAs, indicating similarity before EFW deployment to their respective sites. The greatest differences in the prokaryotic community were between the LR and enclosures on days 38 and 91, which were clustered together, suggesting there may be an enclosure effect. Differences over the exposure period were observed for the enclosure sites, with greater differences between sites on day 91, indicating a potential seasonal or condition effect. There were no changes in the eukaryotic beta diversity in the LR, while there were changes in the enclosures over the exposure period, with greatest differences between the enclosure sites on day 91, displaying a potential site condition and/or seasonal effect.
[image: Figure 3]FIGURE 3 | Principal Coordinate Analysis of 16S (A) and 18S (B) Bray-Curtis beta diversity in EFW root microbial biofilm.
Prokaryotes had greater richness, and diversity and evenness than eukaryotes, suggesting there may be no dominating prokaryotic organisms, while certain eukaryotic organisms may be dominant or selected for. While highly variable, the enclosures appear to have greater mean richness than the LR on days 38 and 91, but diversity indices are variable, further suggesting a potential enclosure effect (Supplementary Table 3). The enclosure design may limit wind and wave aeration, nutrient cycling, and other lake processes (see Supplementary Material, Section 1.2) that may influence microbial diversity and abundance. Similar enclosure effects on the aquatic prokaryotic community were identified in the Freshwater Oil spill Remediation Study which took place at the IISD-ELA studying the use of enhanced Monitored Natural Recovery and shoreline washing agent as secondary remediation methods following dilbit spills (Kharey et al., 2024).
3.2.2 Taxonomic profiles
3.2.2.1 Prokaryotes
Taxonomic profiles of rarefied ASVs revealed that among all sites and periods, prokaryotes were dominated by phyla Proteobacteria (41.48%–56.68% relative abundance [RA]), Bacteroidota (10.30%–20.94%), Planctomycetota (5.40%–10.93%), Acidobacteriota (3.74%–8.85%), and others, of a total of 45 bacteria and archaea phyla identified (Supplementary Figure 7). The Proteobacteria were mostly made of classes Alphaproteobacteria (20.34%–29.47% of class taxonomic profiles) and Gammaproteobacteria (18.89%–31.42% of class taxonomic profiles), which are two major groups involved in PAC degradation (Ghosal et al., 2016).
Taxonomic profiles of the top 20 prokaryotic ASVs (genera) represent approximately 40% of community RA, of 704 identified ASVs (Figure 4), indicating high community richness. For that reason, the next 21–40 most relatively abundant organisms are presented (Figure 5). The highest relative abundance was 7.71% for Bryobacter, an aerobic chemoorganotroph found in acidic wetland environments (e.g., sphagnum) (Kulichevskaya et al., 2010; Dedysh, 2019), a common moss in the study lake. Due to high richness and diversity, this section will discuss those with potential roles in oil spill remediation. However acknowledging that other microorganisms may support hydrocarbon degraders, through nitrogen or oxygen production (Radice et al., 2023) for example, and a diverse consortia is important for co-metabolism of complex, or a mixture of, PACs (Zhu et al., 2001; Cao et al., 2009; Lee et al., 2015; Ghosal et al., 2016).
[image: Figure 4]FIGURE 4 | Taxonomic profile of the top twenty most relatively abundant 16S ASVs in EFW root biofilm replicates from the EE, RE, and LR 3 days pre-oil addition, and on days 38 and 91 post-oil addition. Taxon legend includes full taxonomic details to the lowest level identified as available.
[image: Figure 5]FIGURE 5 | Taxonomic profile of the top twenty-one to forty most relatively abundant 16S ASVs in EFW root biofilm replicates from the EE, RE, and LR 3 days pre-oil addition, and on days 38 and 91 post-oil addition. Taxon legend includes full taxonomic details to the lowest level identified as available.
Three genera belong to order Rhizobiales, microorganisms in symbiosis with plants, known for their ability to assist in nitrogen fixation (Newton et al., 2011; Garrido-Oter et al., 2018; Fahde et al., 2023) and plant growth promotion, and can enhance phosphate solubility and accessibility (Fahde et al., 2023). Some have been reported to express various monooxygenase genes for degrading hydrocarbons and the desulfurization of hydrocarbons (e.g., dibenzothiophene) (Abbasian et al., 2016), and various species are known hydrocarbon degraders (Prince et al., 2018). Bradyrhizobium, previously found in co-occurrence with hydrocarbon degraders and involved in degradation (Yang et al., 2016), had variable abundance over the exposure period and between sites, peaking in the EE on day 91 (1.55%–2.20%), and on day 38 in the RE (1.84%–2.11%) and LR (1.24%–1.46%). Similarly, Hyphomicrobium, found in a consortia capable of degrading aromatic hydrocarbons (H. facile, strain Y3; Ozaki et al., 2006), peaked on day 91 in the EE (1.70%–2.99%) and on day 38 in the RE (1.96%–2.36%) and LR (2.38%–2.99%). Bradyrhizobium and Hyphomicrobium belong to families Xanthobacteraceae and Hyphomicrobiaceae, known to include hydrocarbon degraders and were detected in salt marsh sediments following the Deepwater Horizon oil spill (Beazley et al., 2012).
Pirellula are aerobic, heterotrophic bacteria, known for their role in biogeochemical processes (Glöckner et al., 2003). Some strains have P450 monooxygenases and epoxide hydrolase for detoxifying pollutants (Glöckner et al., 2003), and while not specific to oil, the expression of these enzymes may have important roles in aromatic ring cleavage. Pirellula increased in all sites by day 38 (2.47%–5.23%), highest in the EE.
Two ASVs belong to Chloroflexi, anaerobic bacteria that can degrade petroleum hydrocarbons (Cébron et al., 2022), that have been found in high abundance under oil contamination (Aburto-Medina et al., 2012; Brown et al., 2013; Abed et al., 2014; Peng et al., 2015; Cébron et al., 2022) and salt marsh sediments following the Deepwater Horizon spill, including class Anaerolineae (Engel et al., 2017). ASVs of the order Caldilineales had variable abundance among all sites, with the highest detection on day 38 in the EE (0.43%–1.34%) and RE (0.29%–2.88%), and on day 91 in the LR (2.75%–3.03%). Presence of order SBR1031 increased over the exposure period in all three sites, ranging from 1.64% to 2.16%, 2.91% to 3.18%, and 2.85% to 4.35% in the EE, RE, and LR, respectively.
Seven genera from order Burkholderiales were in the top forty most abundant prokaryotes. Burkholderiales are commonly found in the environment, and some have significant potential for PAC biodegradation (Pérez-Pantoja et al., 2012; Prince et al., 2018). For example, enrichment of Methylotenera, a methylotrophic bacterium, has been detected in oil and petroleum contaminated water and is suggested to be a hydrocarbon degrader (Thompson et al., 2017; Idomeh et al., 2021). Methylotenera’s abundance was highest in the EE by day 38 (1.06%–2.23%). Other methylotrophic Burkholderiales included MM1 and an uncultured genus from family Methylophilaceae. Ferrovum increased over the exposure period in the EE to a range of 2.56%–3.95% by day 91, while RAs were variable in the reference sites, highest by day 38. Leptothrix, a noted phenanthrene degrader (Bodour et al., 2003) and Rhodoferax, belong to family Comamonadaceae, which can express aromatic oxygenase-encoding genes (Pérez-Pantoja et al., 2012), and include hydrocarbon degrading species (Beazley et al., 2012). Leptothrix slightly increased in the enclosures over the exposure period, ranging from 1.13% to 2.01% and 1.49% to 2.32% by day 91 in the EE and RE, respectively. RA was lower in the LR, highest on day 91 (0.84%–1.11%). Rhodoferax was variable over time and between sites, highest on day −3 in the EE at 1.42% RA, however days 38 and 91 appeared relatively similar.
Xiao et al. (2013) studied microbial communities in production wells in the Chaoyanggou oil reservoir and found dominance of family Comamonadaceae in oil production wells, and family Hyphomonadaceae, among others, in formation water from production wells. Hyphomonadaceae has previously been correlated with the biodegradation of chemically dispersed Troll and Grane oils at cool temperatures (Ribicic et al., 2018). We observed SWB02 (family Hyphomonadaceae) increase in all sites from day −3 to 38, ranging from 0.80% to 1.58%, 1.25% to 2.28%, and 1.12% to 2.12% in the EE, RE, and LR, respectively.
Another methanotroph, Methyloglobulus known to degrade methane (Deutzmann et al., 2014), a potential by-product of oil biodegradation (Lee et al., 2015) and/or a potentially major hydrocarbon during spills (King et al., 2015), peaked in all sites by day 38. RA increased from 0.66% on day −3 to 1.99%–3.73% by day 38 in the EE, declining to 1.40%–1.97% by day 91. While RA ranged from 1.22% to 1.92% and 1.38% to 1.55% in the RE and LR by day 38, respectively.
Another well-known PAC degrader is Novosphingobium, a metabolically versatile sphingomonad often found in the rhizosphere (Sohn et al., 2004; Kertesz and Kawasaki, 2010; Lyu et al., 2014; Ghosal et al., 2016; Yang et al., 2016; Chettri and Singh, 2019; Rojo, 2021), capable of degrading a suite of PACs (Sohn et al., 2004). Novosphingobium was detected in all samples, peaking on day 38, ranging from 0.78% to 1.53%, 0.26% to 0.85%, and 0.66% to 1.56% in the EE, RE, and LR, respectively.
An ASV from order Sphingobacteriales increased over time in the enclosures, ranging from 2.27% to 3.00% and 3.15% to 3.80% in the EE and RE by day 91, respectively, while being more variable in the LR. Sphingobacteriales are known to include hydrocarbon degrading species (Beazley et al., 2012; Prince et al., 2018), identified in high abundance under oil contamination (Y. Wang et al., 2021), and some have been identified as late responders to oil contamination (Koo et al., 2015; Franchi et al., 2022). Family Flexibacteraceae from order Sphingobacteriales increased in a salt marsh following the Deepwater Horizon spill, as well as families from order Rhodospirillales (Beazley et al., 2012), which include genera capable of degrading alkanes, aromatics, and PACs (Prince et al., 2018, and citations within). An ASV from order Rhodospirillales peaked on day 91 in the EE (0.68%–1.34%) and LR (1.36%–1.66%), and on day 38 in the RE (0.26%–2.58%).
Other potential hydrocarbon degraders from phylum Bacteroidota include Haliscomenobacter (Aburto-Medina et al., 2012), and an uncultured Saprospiraceae (Taylor et al., 2021), which was a dominant organism after the wells were shut during the Deepwater Horizon spill (Dubinsky et al., 2013), possibly consuming complex carbon sources (McIlroy and Nielsen, 2014). Haliscomenobacter increased over time in the reference sites, reaching 1.10%–1.56% and 1.67%–1.99% in the RE and LR by day 91, respectively, and the EE peaked on day 38 (0.85%–1.20%). However, the uncultured Saprospiraceae declined in the EE (<1.00% on days 38 and 91), was variable in the RE (0.46%–1.30%), and remained stable in the LR over time (1.00%–1.89%).
3.2.2.2 Eukaryotes
Eukaryotic phyla were more variable in dominance between sites and over the experimental period than the prokaryotic community, with dominance by Ciliophora (16.49%–63.87%), Diatomea (3.75%–36.57%), Charophyta (0.00%–29.38%), Cercozoa (1.96%–18.76%), Dinoflagellata (0.91%–9.87%), Chytridiomycota (1.85%–9.11%), unidentified phyla (2.48%–12.25%), and others, out of 35 phyla identified (Supplementary Figure 8). Ciliophora were dominant on day −3 and on day 91, but slightly decreased in mean RA on day 38 in all sites. While on day 38, other phyla increased, such as Diatomea in the LR, and Charophyta, Dinoflagellata, Cercozoa, and others in the enclosures.
The top twenty eukaryotic ASVs represented approximately 40%–75% of the community and displayed an uneven distribution with some dominant ASVs (Figure 6). The RA explained by the top twenty declined in the enclosure sites on day 38, suggesting others may be selected for upon application to the enclosures, as observed in the top 21–40 eukaryotic ASVs (Figure 7). The following section will focus on organisms with potential roles in oil spill remediation.
[image: Figure 6]FIGURE 6 | Taxonomic profile of the top twenty most relatively abundant 18S ASVs in EFW root biofilm replicates from the EE, RE, and LR 3 days pre-oil addition, and on days 38 and 91 post-oil addition. Taxon legend includes full taxonomic details to the lowest level identified as available.
[image: Figure 7]FIGURE 7 | Taxonomic profile of the top twenty-one to forty most relatively abundant 18S ASVs in EFW root biofilm replicates from the EE, RE, and LR 3 days pre-oil addition, and on days 38 and 91 post-oil addition. Taxon legend includes full taxonomic details to the lowest level identified as available.
Some fungi are known hydrocarbon degraders due to their range of substrate specificity and enzyme production (e.g., peroxidases, laccases, monooxygenases) (Haritash and Kaushik, 2009; Kadri et al., 2017). Three unidentified ASVs belonging to phylum Chytridiomycota were identified in the top 20 eukaryotic ASVs. Chytridiomycota, often referred to as zoosporic fungi, are mostly found in aquatic ecosystems (Jobard et al., 2010; Prince, 2018; Naranjo-Ortiz and Gabaldón, 2019), and some are potential aromatic hydrocarbon degraders (Prince, 2018). For example, Phlyctochytrium reinboldtae were able to produce some metabolites of naphthalene, though mostly in small trace amounts (Cerniglia et al., 1978). Family Chytriomycetaceae were variable in RA among sites and time periods, but highest in the LR on day −3 (6.66%). Family Nowakowskiellaceae was also variable over the exposure period in reference locations, however increased in the EE, from 0.75% to 0.92%–3.18% on day −3 and 91, respectively. Family Harpochytriaceae had low RA in the EE (<1.00%), peaking on day 38 in the RE (0.21%–1.80%), while was variable for LR samples, ranging from 0.38% to 2.08% and 0.96% to 2.02% by days 38 and 91, respectively.
Algae are essential organisms involved in ecosystem productivity and function, and some are capable of metabolizing PACs (Ghosal et al., 2016; Prince, 2018). The top 40 ASVs had algal representatives from phylas Chlorophyta, Diatomea, Charophyta, and Dinoflagellata. Oedogonium, a filamentous green algae, had the highest RA by day 38 in the enclosures, increasing from 0.13% to 0.61%–3.68% in the EE, and from 0.12% to 0.22%–3.36% in the RE, while the LR had <0.50% RA on days 38 and 91. Oedogonium has been observed to tolerate vegetable oil spills and has affinity for low oxygen and nutrient rich conditions (Selala et al., 2014), while others found they were unable to adapt to crude oil presence (Oberholster et al., 2014). It has also been targeted for wastewater bioremediation and biofuel production (Adesalu et al., 2016 and citations within). Another green algae ASV from order Zygnematales increased by day 38 in all sites, highest in the RE. RAs ranged from 0.41% to 1.64%, 0.13% to 3.61%, and 0.61% to 1.05% in the EE, RE, and LR, respectively. Ochromonas, a chrysophyte algae, was highest on day −3 in the EE (2.76%) and by day 38 in the RE (0.33%–1.57%), while had low RA (<1.00%) in all other sample periods and sites.
There was a clear shift in diatom and desmid abundance between the enclosures and LR, which may result from differing site conditions. Desmid algae increased by day 38, often higher in the EE, while diatoms were often higher in the LR, similar to findings in Kamalanathan et al. (2021). Bruno et al. (1982) found periphyton communities from South Carolina streams dominated by desmid algae had greater uptake of benzo[a]pyrene than those dominated by diatoms, noting desmid cell structure and features (e.g., sheath) may be important for cellular sorption. Desmid Hyalotheca increased from 0.06% to 3.77%–10.51% in the EE by day 38, while RAs ranged from 0.95% to 3.41% and 0.75% to 1.80% in the RE and LR, respectively. Similarly, Cosmarium and Closterium were highest in the EE by day 38. Closterium sp. has previously been studied for degradation of Bonny light crude oil under different light regimes. It was observed that degradation was greater without light, when oil was the only source of carbon (Uzoh et al., 2015). Spondylosium increased by day 38 only in the enclosures from 0.00% on day −3 to 0.55%–1.73% and 0.00%–7.75% in the EE and RE, respectively. Diatoma had the largest RA of all diatoms (0.76%–10.01%), highest in the LR by day 91, while RA generally declined in the enclosures over the exposure period. Other diatoms peaked in the LR on day 38, including Eunotia (2.62%–5.50%), Gomphonema (2.92%–5.31%), Pinnularia (5.23%–5.86%), Frustulia (0.75%–2.10%), and Navicula (2.13%–2.90%), while RA in the enclosures were variable or generally declined over the exposure period. While RA was higher in the LR, some diatoms have been associated with oil or hydrocarbons. For example, Cerniglia et al. (1982) confirmed Navicula sp. could oxidize naphthalene to 1-naphthol at cool temperatures, while others observed temporal shifts to diatom assemblages (Eunotia, Gomphonema, and Pinnularia) after a vegetable and diesel oil spill in the Negro River, Brazil, based on diatom ecological guild (motile, erect, planktonic, and colonial) (De Faria et al., 2019). The variability of diatoms in our study may be the response of ecological guilds to environmental conditions or disturbance over the experimental period.
Dinoflagellates are common planktonic organisms found in aquatic environments and include both autotrophic and heterotrophic organisms. Some (e.g., Symbiodinium pilosum) are endosymbionts (Levy et al., 2007), and some have been found to tolerate or flourish during oil spill events or experiments (Kamalanathan et al., 2021). Symbiodinium and two unidentified dinoflagellates were identified in the top 40 ASVs. Symbiodinium had low RA (<1.00%) excluding samples from the EE on day 38 (2.02%–3.26%). One of the unidentified dinoflagellates had low RA (<1.00%) except day 38 in the EE (0.26%–1.74%) and day 91 in the RE (0.70%–2.23%). Similarly, the other unidentified dinoflagellate had low RA (<1.00%) except on day 38 in the RE (1.37%–2.83%) and on day 91 in the LR (0.04%–1.45%). Previous research found that dinoflagellates can be enhanced by the presence of oil degrading bacteria and growth promoting capabilities (Park et al., 2020), and others found that some marine species can ingest oil droplets under varying conditions (with or without food/chemical dispersants) (Almeda et al., 2014). Research by Almeda et al. (2018) found that oil and chemical dispersants disrupt the grazing pressure by heterotrophic dinoflagellates and ciliates, which allow for more tolerant, bloom forming dinoflagellates to flourish.
Similarly, some ciliates are natural predators to microorganisms and are ubiquitous in freshwater environments (Lara et al., 2007; Esteban et al., 2015; Robinson et al., 2022), however have also been studied for hydrocarbon degradation potential and tolerance to toxicity. Kachieng’a and Momba (2018, 2017) measured successful co-metabolism of petroleum hydrocarbons with a ciliate consortia, however Prince (2018) questioned whether it was biodegradation by the protozoans or by synergistic bacteria. Others have observed that ciliate grazing can result in bioaccumulation of oil (Rogerson and Berger, 1981) and can enhance bacterial biodegradation (Tso and Taghon, 2006), and their movement may result in oil dispersion in the water column, which could facilitate biodegradation (Gilbert et al., 2014). In fact, Holubar et al. (2000) found that presence of protozoan ciliates enhanced chemical oxygen demand degradation in petroleum contaminated sewage sludge treatment. Some researchers observed correlation between ciliate richness and high molecular weight PAHs (Moss et al., 2015), while others have found sensitivity to crude oil and dispersants (Almeda et al., 2018), indicating variable species tolerance to environmental conditions and pollutants (Jousset et al., 2010; Lara and Acosta-Mercado, 2012; Robinson et al., 2022).
There were fourteen ciliate genera in the top 40 ASVs that varied in dominance between sites and over time. Vorticella dominated the community on day −3 (21.15%–35.23%), however declined by day 38 in the enclosures (0.00%–4.23%) while remaining dominant in the LR (14.03%–18.93%), later increasing in all three sites (1.22%–36.54%). There were other dominant ciliates that had variable RA over the exposure period or between sites and replicates, such as Stentor (3.27%–21.37%) and Ophrydium (1.04%–11.88%), while some were site specific. Tokophrya was highest in the RE by day 91 (21.30%–43.27%), while it was much lower in the EE (0.00%) and LR (1.49%–3.21%). An unidentified ASV from class Oligohymenophorea increased drastically by day 91 in the EE, from 1.11% on day −3 to 15.74%–29.97%, while the RE and LR were <1.00%. Palace et al. (2021) previously identified unique operational taxonomic units of Oligohymenophorea in water of oil treated sites compared to unoiled sites in a shoreline enclosure study at the IISD-ELA. While research by Lara et al. (2007) found greater presence of Oligohymenophorea in non-polluted soil compared to PAH polluted soil. Telotrochidium increased from 0.00% on day −3 to 0.51%–6.54% and 0.15%–3.16% RA by day 91 in the EE and RE, respectively, while none were detected in the LR. Apobryophyllum increased from 0.00% to 1.08%–4.77% and 0.96%–2.38% in the EE and RE by day 38, respectively, and an unknown ASV from class Spirotrichea increased from 0.00% to 0.64%–2.73% and 0.70%–2.17%, respectively. Aprobryophullum belongs to class Litostomatea, which was previously identified as a dominant representative in an oil sand tailing reclamation site, and has been hypothesized to include species that have a high tolerance to hydrocarbon contamination (Richardson et al., 2020). Vagnicola had lower ciliate RA but increased in the LR by day 91. RA ranged from 0.03% to 1.80%, 0.00% to 0.06%, and 1.79% to 3.66% in the EE, RE, and LR by day 91, respectively. While shifts in our study cannot be attributed to oil, the dominance of ciliates may play a role in biodegradation (directly or by enhancing bacterial biodegradation), and/or other important biogeochemical processes.
Cercozoa, another group of bacterial grazers (Esteban et al., 2015), were in the top 40 ASVs, which similarly have had variable responses to oil. Dalby et al. (2008) identified Cercozoa as the dominant organism in chronically polluted seawater, but not in oligotrophic or crude oil contaminated microcosms. While Cobanli et al. (2022) found that Novel Clade 2 of Cercozoa increased between day 6 and 10 following dilbit additions to seawater microorganisms during the spring, but not the summer. ASV from family Vampyrellidae increased in the enclosures by day 91, from 0.78% to 2.96% and 1.34% to 1.92% in the EE and RE, respectively, and was <1.00% in the LR. Leptophrys was highest in the LR by days 38 (0.86%–1.55%) and 91 (0.32%–1.67%), while it comprised <1.00% in the enclosures. Euglypha increased in all sites by day 38, ranging from 0.58% to 7.44%, 0.36% to 7.67%, and 1.17% to 2.08%, in the EE, RE, and LR, respectively, while remaining samples were <1.00%, excluding day −3 in the LR (1.51%).
4 CONCLUSION
A contained oil spill was conducted in a wetland shoreline enclosure on Lake 260 at the IISD-ELA in order to better understand how microbial communities on EFW roots change following exposure to dilbit and to assess the potential of EFWs as a secondary remediation method following primary recovery of shoreline washing. There were greater shifts in diversity of eukaryotes on EFW roots than prokaryotes, but it was difficult to confirm if microbial community changes were attributed to oil exposure, enclosure effects, or seasonal change. However, organisms capable of degrading hydrocarbons or PACs, and those known to support degradation, were identified in this study, and some of these increased in the EE after oil addition.
While microbial results were inconclusive, PACs in the aqueous environment returned to near background conditions after ∼60 days, and fluctuations were linked to environmental conditions, further supporting the need to test efficiency of remediation efforts in the natural environment. It is possible the PACs were adsorbed to the sediment, underwent biodegradation, or further weathering processes. Sediment PACs were highly influenced by pyrogenic sources, however PAC concentrations increased in the EE after oil addition until day 91, later declining by day 263, at which point total PACs were similar among oiled and reference sites.
While the lack of enclosure replication limits our capacity to assess statistical significance of microbial and chemical changes among sites, this research responded to scientific and industrial research needs and confirmed that EFWs can support a naturally diverse microbial community, including those with oil degradation potential. This may be important for co-metabolism and/or other supporting processes. To our knowledge, this was the first, in-lake experiment to test EFWs for oil spill response. This research advances our knowledge in this field; however, we suggest that future field research be replicated to statistically conclude whether presence of oil causes a shift to hydrocarbon degrader dominance. We also believe there is a need to assess different oil products, rates of PAC degradation/removal, and EFW surface area requirements. Further, we suggest that researchers analyze microbial activity and/or gene expression, using methods such as metatranscriptomics or proteomics, to determine whether there are functional changes to the microbial community when exposed to oil, which will improve the collective knowledge on EFW potential to naturally remediate oil spills.
EFWs are currently deployed around the world as a cost-effective bioremediation strategy for various contaminants and aquatic environments, and their use for crude oil and hydrocarbon remediation is a relatively new and growing field. The current literature shows great potential for this method as a non-invasive strategy for oil spills, and continued research will provide guidance to spill responders on how to optimize deployments to enhance oil spill remediation.
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