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Background: The GI microbiome has not been characterized in dogs being medically managed for congenital portosystemic shunts (CPSS).

Objectives: To characterize the fecal microbiome in a population of dogs being medically managed for CPSS.

Animals: 27 client-owned dogs.

Methods: Prospective cohort study enrollment of fecal samples was performed with follow-up data collected retrospectively. The overall fecal dysbiosis index (DI) and individual bacterial abundances were determined using real-time qPCR. Medical management, clinical findings, clinicopathologic, and outcome variables were collected, and logistic regression analyses were performed to evaluate associations between these variables and overall DI and bacterial abundances. Numerical variables were evaluated with general linear models for normality and equal variance using Shapiro-Wilk test and Levene's test, respectively.

Results: All dogs were administered a hepatic diet and lactulose, while antibiotics were used in 22 (81.5%) and acid suppressants in 7 (25.9%). Seventeen dogs (63.0%) had a DI >2. The median DI in this population was 3.02 (range 4.23–8.42), and the median DI in dogs receiving and not receiving antibiotics was 4.3 (range −4.23–8.42) and 1.52 (range −1.62–5.43), respectively. No significant association between any of the analyzed variables and the DI was identified. There was a significant association between the use of metronidazole and a larger abundance of E. coli (p = 0.024).

Conclusions and Clinical Importance: Dysbiosis appears to be common in dogs that are being medically managed for CPSS, though the clinical significance remains unclear.
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INTRODUCTION

The microbiota of the mammalian gastrointestinal (GI) tract consists of trillions of organisms performing a variety of crucial roles both locally and systemically (1–3). Characterization of the GI microbiome has evolved from culture-based models to high-throughput DNA sequencing techniques or targeted quantitative polymerase chain reaction (qPCR) assays, which have allowed for the characterization of the microbiome at the genetic and species level in various species (3–5).

Several studies have characterized bacterial populations for the GI flora in healthy humans and animals (1–3). Subsequently, extensive research has been performed evaluating the GI microbiome characteristics in human and canine populations with specific pathologies such as chronic inflammatory enteropathies, diabetes, obesity, and hepatopathy-induced hepatic encephalopathy (HE) (6–10). By using the previously identified healthy control profiles of intestinal microbiota in comparison to the profiles from the diseased populations, the concept of a “dysbiosis index” (DI) was established, which focuses the analysis of shifts in the microbiome to certain important bacterial groups.4 Certain alterations in the GI microbiome have been postulated to be a useful adjunct for identifying disease states or a potential monitoring parameter for treatment efficacy (4–8, 11).

The role of the GI microbiome in chronic hepatopathies and HE has been frequently investigated in humans, with ammonia being identified as a key player (10, 12, 13). Significant differences have been reported in humans between the colonic microbiota of cirrhosis or HE patients and healthy control individuals, and some suggest the microbiome alterations in affected patients may contribute to more significant clinical signs of HE via alteration of the intestinal barrier function, an increased proportion of urease-producing bacteria, or in other ways (11–14). Therefore, it has been postulated that manipulation of the microbiome may contribute to improved outcomes in these patients.

In dogs, the most common cause of HE is related to congenital portosystemic shunts (CPSS) (15). Single or multiple aberrant blood vessels allow portal venous blood to bypass the liver parenchyma with CPSS (15, 16). Medical management for dogs with PSS can include a restricted protein diet and administration of lactulose, antibiotics, anticonvulsants, or probiotics. Surgical attenuation of the CPSS is often recommended to restore more normal portal blood flow and improve liver function. Some individual components of medical management for CPSS have been investigated for effects on the microbiome in dogs (4, 15, 17–22). Based on the literature, it is apparent that lactulose, diet, and certain antibiotics have the potential to alter the microbiome; however, these studies investigate effects in healthy dogs, people, or non-hepatic disease (11, 15–20). Because dogs being medically managed for CPSS are often prescribed these medications for long periods, this may lead to long term dysbiosis and potential subsequent health consequences.

There is a deficit in the literature as to the effects of these medications on the fecal microbiome and DI in dogs with CPSS and a complete lack of information as to whether these effects have any consequences on the clinical signs or outcomes of dogs with CPSS.

The aims of the current study were to characterize dysbiosis in dogs being medically managed for CPSS and to evaluate for associations between dysbiosis and clinical variables such as medical management, clinical signs, clinicopathologic findings, and postoperative outcomes. We hypothesized that medical management for CPSS would have a significant impact on the dysbiosis index, but that clinical outcome of the patient would not be affected regardless of the level of dysbiosis.



MATERIALS AND METHODS


Case Selection

Dogs presenting to the University of Tennessee College of Veterinary Medicine (UTCVM) with a previous diagnosis of CPSS (confirmed either with transsplenic portal scintigraphy or computed tomography) were prospectively recruited from June, 2018 to August, 2019.



Inclusion Criteria

Dogs were included in the study following definitive diagnosis of CPSS using either CT/angiography or transsplenic nuclear portal scintigraphy, and if fecal samples were able to be collected at the initial visit prior to surgical intervention for CPSS. All animals were enrolled following informed owner consent in accordance with the protocol approved by the University of Tennessee Institutional Animal Care and Use Committee (AUP #2641-0918). Animals were excluded if the fecal sample was not sufficient to be analyzed, if a fecal sample was not obtained, or if a fecal sample was not obtained prior to administration of perioperative antibiotics for the CPSS attenuation procedure.



Medical Record Review

Information regarding patient signalment (breed size, sex, age, and reproductive status), weight, clinical signs prior to medical management (GI signs, neurologic signs, urinary signs), medications at the time of sample collection, clinical signs following initiation of medical management, preoperative clinicopathologic findings (complete blood count (CBC), serum biochemistry panel, pre- and post-prandial serum bile acids, and resting plasma ammonia), type of surgical intervention, postoperative clinical outcome, and postoperative albumin, BUN, cholesterol, and glucose values. Postoperative clinicopathologic and outcome data was obtained via a combination of medical record review and communication with referring veterinarians. Clinical management of the dogs was not altered for the study parameters, and each dog was managed at the discretion of the attending clinician, including adjustments to medical management perioperatively or postoperatively and surgical attenuation. In general, each dog was recommended to have a follow-up serum biochemistry panel, CBC, and pre- and post-prandial serum bile acids performed between 3 and 6 months postoperatively. Neurologic signs included seizures, ataxia, head pressing, or mental obtundation. Gastrointestinal signs included vomiting, diarrhea, or regurgitation, and were considered distinct from anorexia or hyporexia. Lower urinary tract signs included hematuria, stranguria, or dysuria.

Closure of the CPSS following surgical intervention was suspected based on the following findings in follow-up blood analyses: normalization or improvement of serum bile acids22 with improvement or normalization of hepatic synthetic factors such as albumin, glucose, cholesterol, or BUN.



Sample Collection

Fecal samples were either collected via free-catch fecal samples, digital rectal exam, or a fecal loop, and stored in a cryogenic storage container. Following fecal collection, the samples were immediately stored in a −80°C freezer until all samples for study inclusion were collected and shipped for analysis. Samples were then shipped on dry ice and maintained in a −80°C freezer at the Texas A&M Veterinary Medical Diagnostic Laboratory until the molecular diagnostics were performed.



Fecal Quantitative PCR Analysis

DNA was extracted from each fecal sample (100 mg) using the MoBio Power soil DNA isolation kit (MoBio Laboratories, USA) according to the manufacturer's instructions. The qPCR assays were performed as previously reported by AlShawaqfeh et al. In summary, qPCR reactions were performed using SYBR green-based reaction mixtures. The final total reaction volume was 10 μL. The final mix was composed of 5 μL SsoFast EvaGreen supermix (Bio-Rad Laboratories, CA, USA), 0.4 μL each of a forward and reverse primer, 2.6 μL of PCR water and 2 μL of normalized DNA. The PCR conditions were as follows: initial denaturation at 98°C for 3s and annealing for 3s. Melt curve analysis was performed post-amplification using these conditions: 95°C for 1 min, 55°C for 1 min and increasing incremental steps of 0.5°C for 80 cycles for 5s each. All samples were run in duplicate fashion. The qPCR data were expressed as the log amount of DNA (fg) for each particular bacterial group/10 ng of isolated total DNA. Each fecal sample was evaluated for the overall bacterial number, as well as the individual bacterial species including: Universal Bacteria, Faecalibacterium, Turicibacter, Streptococcus, E. coli, Blautia, Fusobacterium, and C. hiranonis. The overall dysbiosis index was then calculated for each dog as previously described by AlShawaqfeh et al. (4).

The reference ranges for the bacteria tested to determine if the abundance was normal or abnormal were expressed as log DNA/gram of feces, and included Universal Bacteria (10.6–11.4), Faecalibacterium (3.4–8.0), Turicibacter (4.6–8.1), Streptococcus (1.9–8.0), E. coli (0.9–8.0), Blautia (9.5–11.0), Fusobacterium (7.0–10.3), and C. hiranonis (5.1–7.1); these reference ranges were adapted from previous work by AlShawaqfeh et al. (4). The DI was classified as normal DI (<0), a moderate shift (0–2), or a significant shift (> 2).



Statistical Analysis

Normality tests were conducted on numeric variables using Shapiro-Wilke tests. Descriptive statistics were calculated. Normally distributed data are presented as a mean ± SD, and non-normally distributed data are expressed as median and range. Logistic regression analysis was used to evaluate the effects of clinical variables (clinical signs, medical management, clinicopathologic values, and outcome data) on the categorical outcomes of bacterial abundance (normal or abnormal) and DI (normal, equivocal, or dysbiosis). The effects of clinical variables on numeric outcomes (such as clinicopathologic data) were evaluated using general linear models. Diagnostic analysis was conducted to examine model assumptions for normality and equal variance using Shapiro-Wilk test and Levene's test respectively. Ranked transformation was applied if diagnostic analysis exhibited violation of normality and equal variance assumptions. Post hoc multiple comparisons were performed with Tukey's adjustment. Statistical significance was identified at the level of 0.05. Analyses were conducted in SAS 9.4 TS1M7 for Windows 64x (SAS institute Inc., Cary, NC).




RESULTS

A total of 27 dogs were included in the study in accordance with the inclusion criteria. The study population included 17 (63.0%) male dogs and 10 (37.0%) female dogs. Ten (58.8%) male dogs were neutered, and 6 (60%) female dogs were spayed. Median age at the time of fecal collection was 10 months (range, 3–48). Median body weight at the time of collection was 4.9 kg (range, 1.5–32.8).

Prior to initiation of medical management, documented clinical signs in the dogs of the study included neurologic signs in 16 (59.3%), gastrointestinal signs in 13 (48.1%), episodic or persistent anorexia or hyporexia in 11 (40.7%), and lower urinary tract signs in five (18.5%).

At the time of fecal collection, medical management had been instituted for all dogs. Medical management consisted of varying combinations of a therapeutic hepatic diet (all dogs), lactulose (all dogs), antibiotics in 22 (81.5%), acid suppressants in 7 (25.9%), antiepileptics in three (11.1%), and probiotics in two (7.4%). The antibiotics most commonly prescribed were metronidazole in 17 dogs receiving antibiotics (77.3%), amoxicillin in six (27.3%), and one each of amoxicillin/clavulanic acid (Clavamox, Zoetis, Parsippany-Troy Hills, NJ) and neomycin (4.5%). The median duration of lactulose administration at the time of fecal collection was 50.5 days (range, 1–842). The median duration of antibiotic administration was 45 days (range, 22–842).

Following initiation of medical management, the following clinical signs remained present: four (14.8%) with hyporexia or anorexia, three (11.1%) with neurologic signs (none with seizures), three (11.1%) with distinct GI signs, and three (11.1%) with lower urinary tract signs. Only two dogs developed new clinical signs between the onset of medical management and fecal collection–one with hyporexia/anorexia and one with lower urinary tract signs. Statistical analysis was performed to determine if there was a difference in bacterial abundances or in the DI between dogs who responded to medical management vs. those that did not—no statistical significance was identified.

In total, 22 (81.5%) dogs underwent surgical intervention for attenuation of CPSS including 14 (63.6%) with ameroid constrictor placement and eight (36.4%) with percutaneous transvenous coil embolization. Follow-up data was available in 20 (90.9%) dogs undergoing surgical intervention for the CPSS, and 13 (65.0%) had bloodwork findings suggestive of closure of the PSS based on interpretation of serum bile acids and hepatic synthetic factors.

Information pertaining to blood analyses performed during the same hospitalization for fecal collection can be found in Table 1. The bacterial abundance as measured in these dogs is available in Table 2. In total, 17 (63.0%) dogs in the study had a DI of > 2, which has previously been reported as the cutoff for dysbiosis in dogs (4). The overall median DI in this population of dogs was 3.02 (range 4.23–8.42). The median DI in dogs receiving antibiotics was 4.3 (range −4.23–8.42), and the median DI in dogs not receiving antibiotics was 1.52 (range −1.62–5.43) (p = 0.58).


Table 1. Blood analytes: Summarized data for clinicopathologic variables for the study population.
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Table 2. Bacterial abundances: Summary of the various bacterial abundances present in the study population.

[image: Table 2]

No significant effect on the DI from any of the components of medical management was noted. However, the abundance of E. coli was significantly positively affected by the use of metronidazole (p = 0.024). No significant effects on the DI or any individual bacterial species abundances were identified with amoxicillin, amoxicillin/clavulanic acid, or neomycin. Preoperative serum albumin had a significant negative impact on the DI (p = 0.009), whereas no other clinicopathologic variables had a significant relationship. C. hiranonis abundances were significantly positively affected by preoperative serum albumin (p = 0.035), serum GGT (p = 0.04), and serum cholesterol (p = 0.023). E. coli abundances were significantly negatively affected by increasing preoperative platelet count (p = 0.04), lymphocytes (p = 0.049), and BUN (p = 0.016).



DISCUSSION

The current pilot study is the first in the veterinary literature to describe evaluation of the dysbiosis index in a cohort of dogs diagnosed with CPSS. Given the fact that many dogs with CPSS are administered medications to mitigate the clinical signs secondary to CPSS and that these medications are known to affect overall dysbiosis, evaluating these interactions is important to further understand treatment effects on these patients (4, 15, 18–20). The overall rate of dysbiosis (DI >2) in the study population was relatively high at 63.0%, but no significant associations were identified between the DI and any individual component of medical management or clinical signs. Additionally, there was no significant association between the DI and clinical outcome or any of the clinicopathologic findings apart from a negative association with preoperative albumin. Additionally, significant associations between certain parameters and the abundance of individual bacterial species were also identified. This data allows us to accept a portion of hypothesis in this pilot study, that although a significant portion of these dogs were characterized with dysbiosis it did not affect clinical outcome. However, medical management was not significantly associated with the presence of dysbiosis.

The role of the human GI microbiome in chronic hepatopathies and HE is well established (10, 21). Significant differences have been shown in the colonic microbiota of human patients with cirrhosis or HE and healthy control individuals, and some authors suggest that the alterations in the microbiome in these patients may contribute to more significant clinical signs of HE or complications leading to mortality (12, 21). Investigation of the GI microbiome in dogs with hepatic pathology is more limited. A pilot study in 2015 conducted with 10 dogs revealed that one dog with chronic active hepatitis had Fusobacteria as the dominant bacterial phylum in the distal gut, as opposed to healthy dogs or dogs with distinct systemic pathology not involving the liver, in which the dominant organisms were Firmicutes or Proteobacteria, though clinical significance of this finding could not be determined (23). Given the sparsity of literature, the role of dysbiosis in relation to hepatic dysfunction or pathology, including CPSS, in dogs has yet to be elucidated.

All dogs in the present study had been medically managed prior to fecal sample collection with medications to reduce ammonia production and absorption in the gut and the manifestation of correlated clinical signs. All dogs were fed a therapeutic hepatic diet at the time of fecal collection. Moderately protein-restricted diets that provide high-quality protein (bioavailable and with a balanced amino acid composition) are recommended for dogs with CPSS, as these diets have been shown to reduce the severity of HE scores in dogs with CPSS (15, 16, 24). Though several studies on the effects of diet on intestinal microbiota in dogs have been published, none have been performed specifically with a reduced protein diet fed to dogs with hepatic pathology (24–27). These studies show that diet has the potential to cause statistically significant shifts in the fecal microbiota with variable size effect, corroborating the results of several human studies investigating the effects of diet on the microbiome (28–30). Given the other treatments administered in the dogs of this study, it is difficult to determine how significant the effects of the administered therapeutic hepatic diets were on the fecal microbiota of these dogs.

Lactulose was also administered to all dogs in the present study prior to fecal collection. Lactulose has been shown to cause a significant, reversible alteration of the microbiome in healthy dogs, but its effects on the microbiome have not been studied in dogs with any disease state (15). Additionally, the effects of lactulose administered concurrently with antibiotics has not been studied in dogs. Contrary to the aforementioned study in dogs, one study in humans showed that lactulose did not have a significant impact on the microbiome in patients with cirrhosis (31). Because all dogs in the present study were being treated with lactulose at the time of fecal sample collection, we cannot draw conclusions about the specific effect of lactulose in this population, though it may have contributed to the relatively high prevalence of dysbiosis (63.0%) in light of the previous canine study. This is an area that would benefit from potential future study.

No significant differences in the DI were noted between the 22 dogs (81.5%) receiving antibiotics and the five (18.5%) that were not. Previous studies performed in humans and dogs have shown both transient and long-lasting dysbiosis associated with antibiotic use, including the highly prevalent problem of Clostridium difficile in people (18, 32–34). Despite the lack of association with the DI, the present study identified a significant association between metronidazole and a greater abundance of E. coli (p = 0.024), in agreement with the results of a previous study investigating the use of metronidazole in healthy dogs (18). No significant correlation between the use of other antibiotics was identified in this study, though sample sizes were limited. The relationship between amoxicillin/clavulanic acid and the DI has previously been investigated in dogs, and no significant affect was shown (35).

Clostridium hiranonis has garnered attention in its role in intestinal health, as well as the conversion of bile acids in the gut. This bacterial species has a strong negative correlation with an increase in the dysbiosis index in dogs (4). In our study, C. hiranonis was below the canine reference range in 19 (70.4%) dogs, with a median value of 0.99. Our study population also exhibited significantly elevated pre- (median: 112.9, range 10.5–318.8) and post-prandial (median: 205.6, range 69–382.3) serum bile acid concentrations, consistent with what is typical for dogs with CPSS. The shunting of blood bypassing the normal hepatic recycling of bile acids in these dogs with CPSS is likely the main driving force behind this elevation in bile acids, but the prevalence of low abundances of C. hiranonis may play a role as well.

The abundance of C. hiranonis was also significantly positively correlated with preoperative serum albumin and cholesterol. While these findings may be incidental, they may also be associated with subclinical malabsorptive GI disease. It is the authors' observation that many dogs with CPSS are suspected to have concurrent GI disease at the time of presentation, in addition to reference of this concurrent process in a group of dogs with intrahepatic CPSS (36). Several studies have elucidated the correlation between inflammatory enteropathies and dysbiosis in dogs, and the above findings may support this association (5–7, 37). Further study is required to determine the individual role of fecal C. hiranonis in dogs with CPSS prior to medical management.

We identified a significant negative correlation between the abundance of E. coli and both pre-operative lymphocyte and platelet counts. Several studies in human medicine have investigated a link between the GI microbiome, macronutrient environment, and various immune cells, including B lymphocytes present in the gut-associated lymphoid tissue (GALT) (38, 39). Platelets, in addition to their role in primary hemostasis, have also been shown to be capable of immune defense against E. coli, while conversely the lipopolysaccharide associated with E. coli has been shown to be lethal to platelets (40, 41). Though these relationships have only been studied in humans, the negative correlation identified in our study between E. coli abundance and platelet counts may be the result of these effects. Further study focused on E. coli abundance and platelet and lymphocyte counts would be required to confirm this correlation in dogs.

In our study, no significant correlation was identified between the DI and the manifestation of clinical signs, either before or after medical management was initiated. This may be the case for several reasons; the clinical signs in dogs with CPSS may be more attributable to the shunting of blood bypassing the liver, increased production and absorption of ammonia, or alterations to the GI blood supply as opposed to intestinal dysbiosis. Additionally, our characterization of the microbiome was limited to fecal samples. Fecal samples have been shown to be significantly different from small intestinal samples, and the bacterial populations exhibit significant differences even within individual dogs in transit from the stomach to the colon (42). It may be the case that changes in the small intestinal microbiome are more clinically significant than those in the colon or the feces for dogs with CPSS. Finally, there are many protective mechanisms in place to prevent dysbiosis from cultivating clinical signs. These mechanisms include the intimate association between the intestines and the immune system, as well as the normal intestinal mucus layer that is present in healthy dogs and likely dogs with CPSS (as opposed to dogs suffering from chronic inflammatory enteropathies) (38, 39). If these protective functions were intact in the dogs in our study population, this may have also contributed to the lack of significant association with the DI and the clinical signs listed.

Interpretation of the microbiome in our study was performed with 16s rRNA qPCR, as determined by previous studies investigating the DI in dogs (4). This methodology is intended to look at the “functional core” of the microbiome in dogs, which is well preserved across differing individual dogs, dog breeds, and even between dogs and humans (3). Hence, changes in other bacterial taxa or species not included in this “functional core” may not have been identified in this population. Despite this potential limitation, we elected to utilize the qPCR as a way of avoiding overinterpretation of changes in the microbiome that may not be clinically relevant.

Our study had several limitations. The sample size of 27 dogs is relatively small, increasing the likelihood for type II error for our statistical analyses, though it is the only study to-date to specifically evaluate the fecal microbiota in dogs with CPSS. Though fecal sample collection was performed prospectively, data collection on outcome was performed retrospectively, and interpretation of clinical signs was often based on owner observations or referring veterinarian medical records. Additionally, the majority of dogs in our study were diagnosed with CPSS and started on medical management prior to referral to our institution, which precluded fecal sample collection before the initiation of medical management. Because medical management administration was performed at home, owner compliance was likely variable, and medical management strategies were diverse to start with as many referring veterinarians elected different protocols when initiating treatment for suspected CPSS. Unfortunately, there may be ethical implications to denying patients diagnosed with CPSS medical management to improve or mitigate clinical signs and side effects related to their diagnosis for study purposes.

In summary, this pilot is the first to describe the GI microbiome in dogs with CPSS. We identified that dysbiosis is common in dogs being medically managed for CPSS, despite some variability in the protocol being used. We did not observe a relationship between fecal dysbiosis and clinical signs or outcome in dogs diagnosed with CPSS. Areas of future study should include characterization of the microbiome and DI in dogs prior to the initiation of medical management, and isolating individual components of the medical management protocol with control groups to determine their individual contribution to the changes described here. These studies will need to be performed in such a way to avoid negative effects to patients which may require certain medications to maximize the likelihood of an uncomplicated clinical course following CPSS diagnosis. The DI and microbiome should also be described in dogs after having undergone surgical attenuation of their CPSS and following cessation of medical management. Though the DI did not appear to have any obvious effect on clinical outcomes in our study, controlled, prospective studies are warranted to further investigate this relationship as this may hold relevance for the treatment plan for dogs with CPSS.



DATA AVAILABILITY STATEMENT

The original contributions presented in the study are included in the article/supplementary material, further inquiries can be directed to the corresponding author/s.



ETHICS STATEMENT

The animal study was reviewed and approved by University of Tennessee Institutional Animal Care and Use Committee (IACUC). Written informed consent was obtained from the owners for the participation of their animals in this study.



AUTHOR CONTRIBUTIONS

NS, CL, and XS drafted the manuscript. CL, KT, JL, and JS were all involved in study design and data collection. All authors were involved in the revision process. All authors contributed to the article and approved the submitted version.



REFERENCES

 1. Weiss GA, Hennet T. Mechanisms and consequences of intestinal dysbiosis. Cell Mol Life Sci. (2017) 74:2959–77. doi: 10.1007/s00018-017-2509-x

 2. Deng P, Swanson KS. Gut microbiota of humans, dogs and cats: current knowledge and future opportunities and challenges. Br J Nutr. (2015) 113:S6–17. doi: 10.1017/S0007114514002943

 3. Guard BC, Suchodolski JS. Canine intestinal microbiology and metagenomics: From phylogeny to function. J Anim Sci. (2016) 94:2247–61. doi: 10.2527/jas.2015-0029

 4. AlShawaqfeh MK, Wajid B, Minamoto Y, Markel M, Libury JA, Steiner JM, et al. A dysbiosis index to assess microbial changes in fecal samples of dogs with chronic inflammatory enteropathy. FEMS Microbiol Ecol. (2017) 93. doi: 10.1093/femsec/fix136

 5. Suchodolski JS, Xenoulis PG, Paddock CG, Steiner JM, Jergens AE. Molecular analysis of the bacterial microbiota in duodenal biopsies from dogs with idiopathic inflammatory bowel disease. Vet Microbiol. (2010) 142:394–400. doi: 10.1016/j.vetmic.2009.11.002

 6. Minamoto Y, Otoni CC, Steelman SM, Büyükleblebici O, Steiner JM, Jergens AE, et al. Alteration of the fecal microbiota and serum metabolite profiles in dogs with idiopathic inflammatory bowel disease. Gut Microbes. (2015) 6:33–47. doi: 10.1080/19490976.2014.997612

 7. Honneffer JB, Minamoto Y, Suchodolski JS. Microbiota alterations in acute and chronic gastrointestinal inflammation of cats and dogs. World J Gastroenterol. (2014) 20:16489–97. doi: 10.3748/wjg.v20.i44.16489

 8. Casén C, Vebø HC, Sekelja M, Hegge FT, Karlsson MK, Ciemniejewska E, et al. Deviations in human gut microbiota: a novel diagnostic test for determining dysbiosis in patients with IBS or IBD. Aliment Pharmacol Ther. (2015) 42:71–83. doi: 10.1111/apt.13236

 9. Handl S, German AJ, Holden SL, Dowd SE, Steiner JM, Heilmann RM, et al. Faecal microbiota in lean and obese dogs. FEMS Microbiol Ecol. (2013) 84:332–43. doi: 10.1111/1574-6941.12067

 10. Dubinkina VB, Tyakht AV, Odintsova VY, Yarygin KS, Kovarsky BA, Pavlenko AV, et al. Links of gut microbiota composition with alcohol dependence syndrome and alcoholic liver disease. Microbiome. (2017) 5:141. doi: 10.1186/s40168-017-0359-2

 11. Rossi G, Pengo G, Caldin M, Palumbo Piccionello A, Steiner JM, Cohen ND, et al. Comparison of microbiological, histological, and immunomodulatory parameters in response to treatment with either combination therapy with prednisone and metronidazole or probiotic VSL#3 strains in dogs with idiopathic inflammatory bowel disease. PLoS ONE. (2014) 9:e94699. doi: 10.1371/journal.pone.0094699

 12. Rai R, Saraswat VA, Dhiman RK. Gut microbiota: its role in hepatic encephalopathy. J Clin Exp Hepatol. (2015) 5:S29–36. doi: 10.1016/j.jceh.2014.12.003

 13. Betrapally NS, Gillevet PM, Bajaj JS. Gut microbiome and liver disease. Transl Res. (2017) 179:49–59. doi: 10.1016/j.trsl.2016.07.005

 14. Bajaj JS, Heuman DM, Hylemon PB, Sanyal AJ, White MB, Monteith P, et al. Altered profile of human gut microbiome is associated with cirrhosis and its complications. J Hepatol. (2014) 60:940–7. doi: 10.1016/j.jhep.2013.12.019

 15. da Fonseca Ferreira M, Schmitz SS, Schoenebeck JJ, Clements DN, Campbell SM, Gaylor DE, et al. Lactulose drives a reversible reduction and qualitative modulation of the faecal microbiota diversity in healthy dogs. Sci Rep. (2019) 9:1–11. doi: 10.1038/s41598-019-50090-7

 16. Gow AG. Hepatic encephalopathy. Vet Clin North Am Small Anim Pract. (2017) 47:585–99. doi: 10.1016/j.cvsm.2016.11.008

 17. Watson PJ, Herrtage ME. Medical management of congenital portosystemic shunts in 27 dogs–a retrospective study. J Small Anim Pract. (1998) 39:62–8. doi: 10.1111/j.1748-5827.1998.tb03595.x

 18. Pilla R, Gaschen FP, Barr JW, Olson E, Honneffer J, Guard BC, et al. Effects of metronidazole on the fecal microbiome and metabolome in healthy dogs. J Vet Intern Med. (2020) 34:1853–66. doi: 10.1111/jvim.15871

 19. Kim DH, Jeong D, Kang IB, Lim HW, Cho Y, Seo KH. Modulation of the intestinal microbiota of dogs by kefir as a functional dairy product. J Dairy Sci. (2019) 102:3903–11. doi: 10.3168/jds.2018-15639

 20. Tanprasertsuk J, Shmalberg J, Jha A, Perry L, Honaker R. The effect of probiotics supplementation on the gut microbiome of healthy dogs assessed using metagenomic sequencing: a randomized control trial. Curr Dev Nutr. (2020) 4:1591–1591. doi: 10.1093/cdn/nzaa062_048 

 21. Chen Y, Yang F, Lu H, Wang B, Chen Y, Lei D, et al. Characterization of fecal microbial communities in patients with liver cirrhosis. Hepatology. (2011) 54:562–72. doi: 10.1002/hep.24423

 22. Devriendt N, Serrano G, Paepe D, de Rooster H. Liver function tests in dogs with congenital portosystemic shunts and their potential to determine persistent shunting after surgical attenuation. Vet J. (2020) 261:105478. doi: 10.1016/j.tvjl.2020.105478

 23. Park HJ, Lee SE, Kim HB, Kim JH, Seo KW, Song KH. Fecal microbiota analysis of obese dogs with underlying diseases: a pilot study. Korean J Vet Res. (2015) 55:205–8. doi: 10.14405/kjvr.2015.55.3.205 

 24. Proot S, Biourge V, Teske E, Rothuizen J. Soy protein isolate versus meat-based low-protein diet for dogs with congenital portosystemic shunts. J Vet Intern Med. (2009) 23:794–800. doi: 10.1111/j.1939-1676.2009.0327.x

 25. Paßlack N, Kohn B, Vahjen W, Zentek J. Effects of Dietary Cellobiose on the Intestinal Microbiota and Excretion of Nitrogen Metabolites in Healthy Adult Dogs. J Anim Physiol Anim Nutr. (2021) 105:569–78. doi: 10.1111/jpn.13485

 26. Schauf S, de la Fuente G, Newbold CJ, Salas-Mani A, Torre C, Abecia L, et al. Effect of dietary fat to starch content on fecal microbiota composition and activity in dogs. J Anim Sci. (2018) 96:3684–98. doi: 10.1093/jas/sky264

 27. Sandri M, Dal Monego S, Conte G, Sgorlon S, Stefanon B. Raw meat based diet influences faecal microbiome and end products of fermentation in healthy dogs. BMC Vet Res. (2017) 2017:13:65. doi: 10.1186/s12917-017-0981-z

 28. Turnbaugh PJ, Ridaura VK, Faith JJ, Rey FE, Knight R, Gordon JI. The effect of diet on the human gut microbiome: a metagenomic analysis in humanized gnotobiotic mice. Sci Transl Med. (2009) 1:6ra14. doi: 10.1126/scitranslmed.3000322

 29. Xu Z, Knight R. Dietary effects on human gut microbiome diversity. Br J Nutr. (2015) 113:S1–5. doi: 10.1017/S0007114514004127

 30. Yang F, DeLuca JAA, Menon R, Garcia-Vilarato E, Callaway E, Landrock KK, et al. Effect of diet and intestinal AhR expression on fecal microbiome and metabolomic profiles. Microb Cell Fact. (2020) 19:219. doi: 10.1186/s12934-020-01463-5

 31. Sarangi AN, Goel A, Singh A, Sasi A, Aggarwal R. Faecal bacterial microbiota in patients with cirrhosis and the effect of lactulose administration. BMC Gastroenterol. (2017) 17:125. doi: 10.1186/s12876-017-0683-9

 32. Dial S, Kezouh A, Dascal A, Barkun A, Suissa S. Patterns of antibiotic use and risk of hospital admission because of Clostridium difficile infection. CMAJ. (2008) 179:767–72. doi: 10.1503/cmaj.071812

 33. Hensgens MP, Goorhuis A, Dekkers OM, Kuijper EJ. Time interval of increased risk for Clostridium difficile infection after exposure to antibiotics. J Antimicrob Chemother. (2012) 67:742–8. doi: 10.1093/jac/dkr508

 34. Ferrer M, Méndez-García C, Rojo D, Barbas C, Moya A. Antibiotic use and microbiome function. Biochem Pharmacol. (2017) 134:114–26. doi: 10.1016/j.bcp.2016.09.007

 35. Werner M, Suchodolski JS, Straubinger RK, Wolf G, Steiner JM, Lidbury JA, et al. Effect of amoxicillin-clavulanic acid on clinical scores, intestinal microbiome, and amoxicillin-resistant Escherichia coli in dogs with uncomplicated acute diarrhea. J Vet Intern Med. (2020) 34:1166–76. doi: 10.1111/jvim.15775

 36. Weisse C, Berent AC, Todd K, Solomon JA, Cope C. Endovascular evaluation and treatment of intrahepatic portosystemic shunts in dogs: 100 cases (2001-2011). J Am Vet Med Assoc. (2014) 244:78–94. doi: 10.2460/javma.244.1.78

 37. Benno Y, Nakao H, Uchida K, Mitsuoka T. Impact of the advances in age on the gastrointestinal microflora of beagle dogs. J Vet Med Sci. (1992) 54:703–6. doi: 10.1292/jvms.54.703

 38. Benakis C, Brea D, Caballero S, Faraco G, Moore J, Murphy M. Commensal microbiota affects ischemic stroke outcome by regulating intestinal γδ T cells. Nat Med. (2016) 22:516–23. doi: 10.1038/nm.4068

 39. Gu B-H, Kim M, Yun C-H. Regulation of gastrointestinal immunity by metabolites. Nutrients. (2021) 13:1–22. doi: 10.3390/nu13010167

 40. Sheu JR, Hung WC, Kan YC, Lee YM, Yen MH. Mechanisms involved in the antiplatelet activity of Escherichia coli lipopolysaccharide in human platelets. Br J Haematol. (1998) 103:29–38. doi: 10.1046/j.1365-2141.1998.00938.x

 41. Riaz AH, Tasma BE, Woodman ME, Wooten RM, Worth RG. Human platelets efficiently kill IgG-opsonized E. coli. FEMS Immunol Med Microbiol. (2012) 65:78–83. doi: 10.1111/j.1574-695X.2012.00945.x

 42. Suchodolski JS. Diagnosis and interpretation of intestinal dysbiosis in dogs and cats. Vet J. (2016) 215:30–37. doi: 10.1016/j.tvjl.2016.04.011

Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Publisher's Note: All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.

Copyright © 2022 Squire, Lux, Tolbert, Lidbury, Sun and Suchodolski. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.



OPS/xhtml/Nav.xhtml




Contents





		Cover



		Characterization of the Fecal Microbiome in Dogs Receiving Medical Management for Congenital Portosystemic Shunts



		Introduction



		Materials and Methods



		Case Selection



		Inclusion Criteria



		Medical Record Review



		Sample Collection



		Fecal Quantitative PCR Analysis



		Statistical Analysis







		Results



		Discussion



		Data Availability Statement



		Ethics Statement



		Author Contributions



		References

















OPS/images/cover.jpg
& frontiers | Frontiers in Veterinary Science

Characterization of the Fecal
Microbiome in Dogs Receiving
Medical Management for Congenital
Portosystemic Shunts





OPS/images/fvets-09-897760-t001.jpg
Blood analyte Number of cases Median Number of cases Median Reference

tested at presentation (range) tested postoperatively (range) range
Serum biochemistry
Alburnin (g/dL) 2 2.5(1.8-3.6) 19 30 @24-4.1) 30-43
Globulins (g/dL) 2 3.45(1.5-4.8) NA NA 26-47
Cholesterol (mg/clL) 25 178 (64-420) 14 2295 (174-290) 74-255
BUN (mg/dl) 27 5(2-13) 19 8.5 (4-26) 18-40
Glucose (mg/dL) 27 107 (51-121) 19 83 (80-195) 87-179
ALT (U 2 825 (31-516) NA NA 29-109
ALP (UL) 26 111 (41-441) NA NA 12-79
GGT (/L) 26 3(-13) NA NA 05
Total bilirubin (mg/dL) 26 0.4 (0.1-0.7) NA NA 0.1-0.7
Complete blood count
POV (%) 27 36.1(28.0-60.5) NA NA 34-48
Total protein (g/dL) 26 5.95(3.3-7.3) NA NA 6.6-84
White blood cells (x10E3/uL) 2 13.6 (9.5-20.0) NA NA 4.7-153
Neutrophils (x10E3/uL) 26 9.2(3.8-17.8) NA NA 2.00-9.20
Lymphooytes (x10E3/ul) 2 95(1.19-15.8) NA NA 1.05-8.00
Platelets (x10E3/uL) 2 196.5 (103-395) NA NA 169-480

iver function tests

Pre-prandial bile acids (g/dL) 22 182.2 (0-318.8) 18 NA 0-30
Post-prandial bile acids (g/dL) 23 2001 (69-382.3) 18 NA 0-10
Resting ammonia (umol/L) 13 140 (66-864.4) NA NA <70 umolL42

Post-operatively, only synthetic hepatic factors and serum bile acids were analyzed. Numerical values for post-operative serum bile acids were not recorded, but rather if there was an
improvement or not as compared to the preoperative values.
BUN, blood urea nitrogen; ALT, alanine aminotransferase; ALP, alkaline phosphatase; GGT, gamma-glutamyl transferase; PCV, packed cell volume.
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Bacteria Abundance reference Median Number of dogs Number of dogs within

interval (log DNA/gram feces) (range) outside reference interval (%) reference interval (%)
Universal Bacteria 10.6-11.4 10.9 (10.43-13.22) 6(22.2%) 21 (77.8%)
Faecalbacterium 3.4-80 7.28 (3.45-7.32) 2(7.4%) 25(92.6%)
Turicibacter 4.6-8.1 7.46 (3.25-9.13) 7 (25.9%) 20 (74.1%)
Streptococcus 19-80 605 (2.14-8.2) 13.7%) 26 (96.3%)
E coli 09-80 8.15(0.88-8.77) 6(22.2%) 21 (77.8%)
Blautia 95-11.0 11.28(6.04-12.25) 14 (51.9%) 13 (48.1%)
Fusobacterium 7.0-103 969 (6.51-11.63) 8(20.6%) 19 (70.4%)
C. hiranonis 51-7.1 307 (0.01-684) 19 (70.4%) 8(29.6%)

Reference intervals were established in 120 healthy dogs (4).
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