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Apneustic anesthesia ventilation improves pulmonary function in anesthetized bottlenose dolphins (Tursiops truncatus)
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Introduction: Use of mechanical ventilation during general anesthesia is a necessary practice in the anesthetization of small cetaceans as spontaneous ventilation fails to provide adequate gas exchange. Currently available methods of ventilation do not account for the intermittent breathing strategy of representative species within this infraorder of fully aquatic mammals and may have a significant effect on cardiac and respiratory physiology.

Methods: To understand the impact of mechanical ventilation on cardiopulmonary function in one small species of cetacean, the bottlenose dolphin (Tursiops truncatus), we compared controlled mechanical ventilation (CMV) to a novel ventilation method known as apneustic anesthesia ventilation (AAV). AAV simulates the normal inspiratory breath-hold pattern of dolphins. Ten anesthetic procedures (dental procedure, n = 9; bronchoscopy, n = 2) were performed on nine dolphins (age range: 10–42 years; mean = 32 years; median = 37 years; female = 3, 40%; male = 6, 60%). In a cross-over study design, dolphins were instrumented and randomly assigned to AAV or CMV as the initial mode of ventilation, then switched to the alternate mode. Baseline cardiopulmonary data were collected and again after 30 min on each mode of ventilation. Cardiac index, stroke volume index, systemic vascular resistance, alveolar dead space, alveolar-arterial oxygen tension gradient, arterial oxygen content, oxygen delivery index, and dynamic respiratory system compliance index were calculated at each of the four time points.

Results: During AAV, dolphins had higher arterial oxygen tension, higher mean airway pressure, reduced alveolar dead space ventilation and lower alveolar-arterial oxygen difference. Cardiovascular performance was not statistically different between the two modes.

Discussion: Our study suggests AAV, which more closely resembles the conscious intermittent respiratory pattern phenotype of dolphins, improves ventilation and pulmonary function in the anesthetized dolphin. Future studies should evaluate the cardiopulmonary effects of neutral buoyancy and cardiopulmonary sparing drug protocols to reduce the need for hemodynamic support of current protocols.
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1 Introduction

Within the infraorder of fully aquatic mammals, Cetacea, the bottlenose dolphin (Tursiops truncatus) has been well represented under the care of humans for over 100 years (1). Despite the large number of dolphins under human care, relatively few have been safely anesthetized for clinical procedures and recovered (2–5). The current limited body of literature on cetacean anesthesia focuses on drug combinations and techniques for rapid induction of anesthesia but does not address the physiologic effects of these approaches (4–12). Specifically, no literature exists on the influences of current ventilation protocols on cetacean cardiopulmonary physiology. This data gap is largely due to the paucity of controlled physiologic studies and the stagnated development of advanced methods for supportive anesthetic care in dolphins. These critical factors have been a remarkable hurdle in furthering our knowledge, understanding, and optimization of dolphin anesthesia.

As a completely aquatic marine mammal, the bottlenose dolphin evolved specialized cardiovascular and pulmonary features to facilitate breath-hold diving and underwater foraging activities (13–15). Such adaptations include, but are not limited to, periarterial venous rete for efficient thermoregulation, valve-less peripheral veins, rete mirabilia surrounding central nervous system structures, an intermittent, breath-holding breathing pattern, and reinforcement of pulmonary bronchioles with cartilage (16–20). These cardiopulmonary adaptations should be considered when performing general anesthesia, whereby ventilation and pharmacologic strategies may modulate gas-exchange mechanisms, autonomic nervous system function and responses, and vital organ perfusion states.

In our clinical experience, similar to large terrestrial mammals, cardiopulmonary derangements such as hypoventilation, ventilation-perfusion mismatch, vasodilation, and depression of cardiac contractility likely occur in anesthetized dolphins when applying commonly accepted anesthetic drugs (e.g., opioids, propofol, benzodiazepines, and inhalation anesthetics) and conventional ventilation strategies (2). It would then follow that these effects may lead to arterial hypoxemia, hypercapnia, hypotension, and decreased cardiac output. For example, respiratory depression is a characteristic of dolphin sedation and anesthesia that demands rapid intubation and respiratory support in the form of mechanical ventilation. The use of propofol and inhalation anesthetics are known to contribute to profound vasodilation and hypotension in various species and, thus, may impair circulation in the dolphin (21, 22). If not properly mitigated, these derangements can affect organ perfusion, reduce oxygen delivery, and predispose the animal to organ injury (e.g., acute kidney injury, myocardial injury, hypoxic brain injury), and may even contribute to neuropathic and myopathic conditions (23, 24). In large, completely aquatic mammals, like the dolphin, little is known about the pathophysiologic influences of anesthesia on respiratory gas exchange efficiency and organ perfusion. Thus, there is a need to understand the physiologic impacts of anesthesia in a species with unique and specialized structural and physiologic adaptations, as well as to develop strategies to alleviate and reduce anesthesia-associated physiologic derangements.

Controlled mechanical ventilation (CMV) with supplemental oxygen is a well-defined strategy used for minimizing the impact of anesthesia-induced respiratory abnormalities (e.g., hypoventilation, hypercapnia, and hypoxemia) in large aquatic mammals (2, 4, 5, 9, 25–30). While various approaches to mechanical ventilation are used within the field of human anesthesiology, available large animal veterinary anesthesia equipment has limited options. Herein, we define CMV (also referred to as conventional mechanical ventilation) as intermittent positive pressure ventilation in the absence of positive end-expiratory pressure and alveolar recruitment maneuvers (31). As defined by the authors, CMV most closely resembles the normal respiratory pattern of most non-hibernating terrestrial mammals. The dolphin, on the contrary, has an intermittent, inspiratory breath-hold respiratory pattern with significant heart rate variation during each inspiratory-to-expiratory cycle, also referred to in clinical medicine as respiratory sinus arrhythmia (32–36). While this cardiopulmonary coupling strategy may improve gas exchange in the conscious diving dolphin, the heart rate variation associated with intermittent breathing converts to a normal sinus rhythm following induction of anesthesia and initiation of mechanical ventilation (33, 37). In addition, dolphin alveoli readily collapse, pushing gases into the proximal reinforced terminal bronchioles as a proposed strategy to reduce gas exchange and oxygen consumption when diving (38). Mechanical ventilation with 100% oxygen can also promote alveolar collapse over time via absorption atelectasis (39–41). Thus, the dolphin may be more likely to experience atelectasis from alveolar collapse when anesthetized with high fractions of inspired oxygen (FIO2) and ventilated using traditional CMV paradigms. For these reasons, we sought to evaluate a novel mechanical ventilation approach, known as apneustic anesthesia ventilation (AAV), that may address physiologically appropriate ventilation needs of the dolphin, thereby supporting optimal cardiopulmonary function (31, 42). This mechanical ventilation strategy more closely resembles the intermittent respiratory pattern phenotype of the dolphin and therefore is worthy of investigation in the target population (26, 30, 43).

CMV increases airway pressure from ambient to higher pressures in order to produce tidal ventilation. In doing so, lung volume at the start of inspiration is typically below functional residual capacity (FRC; e.g., the lung volume below which alveoli are prone to collapse). In contrast, AAV maintains airway pressure above ambient, and therefore above FRC and produces tidal ventilation by decreasing pressure from this continuously applied, elevated baseline pressure (Phigh) to a lower pressure (Plow) with the goal of maintaining lung volume at or slightly above FRC (Figure 1) (31, 43). The time at Phigh, referred to as Thigh, is significantly longer than the time at Plow (Tlow). This strategy promotes maintenance of lung volume and alveolar recruitment to minimize the progressive formation of anesthesia-associated atelectasis while optimizing respiratory system compliance. In human patients, AAV was shown to result in significant reduction in dead-space ventilation, improved respiratory system compliance and a lower arterial to alveolar carbon dioxide tension difference (43). In dorsally recumbent, anesthetized horses inspiring 38%–47% O2, respiratory system dynamic compliance was higher and venous admixture was lower with AAV compared to CMV. However, no notable improvement in cardiovascular performance was evident in this model (31). In human patients, AAV may exhibit improved cardiovascular performance compared to CMV by augmenting venous return secondary to the use of lower mean airway pressures, while minimizing ventilation-perfusion mismatch (43).
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FIGURE 1
 Schematic illustration of the pressure, flow, and volume vs. time waveforms for controlled mechanical ventilation (CMV) and apneustic anesthesia ventilation (AAV). Gray background indicates periods of tidal ventilation corresponding to inspiratory time during CMV and the time (TLOW) at PLOW during AAV. White background indicates expiratory time during CMV and the time (THIGH) of PHIGH during AAV. For AAV waveforms, the first release, illustrates proper limitation of release time whereas the second release illustrates a long release time with flow stagnation (arrow). Reproduced with permission from Innovative Veterinary Medicine, Inc.


The objective of the study described here was to compare the cardiopulmonary effects of AAV to CMV, while using a repeatable anesthetic drug combination, in anesthetized bottlenose dolphins undergoing clinically indicated medical or surgical procedures. Based on the equine ventilation investigative model and clinical experience with cetacean anesthesia, we hypothesized the use of AAV would result in improved indices of pulmonary function in dolphins when compared to a traditional implementation of CMV.



2 Materials and methods


2.1 Animals

Nine (age range: 10–42 yrs.; mean: 32 yrs.; median: 37 yrs.; 3 female, 6 male) bottlenose dolphins, housed and cared for by the U.S. Navy Marine Mammal Program (MMP), Naval Information Warfare Center (NIWC) Pacific, in San Diego Bay (CA, United States), were anesthetized in a randomized, crossover design without a washout period to compare the cardiopulmonary effects of the two mechanical ventilation modes. Ventilation mode starting order was randomly assigned using a binary random number generator (www.random.org; Ireland). One female dolphin was anesthetized on 2 separate occasions separated by approximately 1 year, for a total of 10 anesthetic procedures on 9 dolphins.

As an index of general health and a prognostic tool for anesthesia-related complications, the physical status of individual dolphins were classified using an adapted version of the American Society of Anesthesiologists (ASA) physical status classification system (Table 1) (44). All animals were anesthetized for clinically indicated procedures and received comprehensive health evaluations by a veterinarian at least 7–10 days prior to the anesthetic procedures (Table 2). Health evaluations consisted of physical examinations including weight, clinicopathologic analyses (complete blood count with differential, plasma biochemical profile, and blood gas analysis sampled from the fluke periarterial venous rete), thoracic and abdominal ultrasound examinations, and electrocardiographic tracing evaluation. Animals were either excluded from the study or the procedure was delayed, if health evaluations exhibited any of the following: clinicopathologic abnormalities for the population, abnormal electrocardiographic tracings, and/or abnormal thoracic and abdominal ultrasound findings (34, 45–48). In a previous study in horses, statistically significant differences were found with an a priori power analysis of variance (ANOVA) design with α = 0.05, 1 − β = 0.8, effect size of 0.5 and repeated-measures correlation of 0.5 suggesting a sample size of 10 (31). For this reason, as well as the limited availability of dolphins requiring general anesthesia to address clinical disease, 10 dolphins were included in this study.



TABLE 1 Physical status classification with definitions for adult bottlenose dolphins enrolled in this study and adapted from the American Society of Anesthesiologists physical status (ASA PS) classification score for humans.
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TABLE 2 Signalment, American Society of Anesthesiologists (ASA) physical status classification, and clinical procedures for bottlenose dolphins, Tursiops truncatus, enrolled in the study.
[image: Table2]

Secretary of Navy Instruction 3900.41H directs that Navy marine mammals be provided the highest quality of care. NIWC Pacific is accredited by AAALAC International and adheres to the national standards of the U.S. Public Health Service policy on the Humane Care and Use of Laboratory Animals and the Animal Welfare Act. NIWC Pacific’s animal care and use program is routinely reviewed by an institutional animal care and use committee and the U.S. Navy Bureau of Medicine. The animal use and care protocol for Navy dolphins in support of this study was approved by NIWC Pacific’s Institutional Animal Care and Use Committee (No. 134-2019) and the U.S. Navy Bureau of Medicine (NRD-1198).



2.2 Anesthesia

Food was withheld from dolphins for at least 18 h prior to each anesthetic procedure. Two dolphins, however, received oral diazepam sedation (5 mg tablets, Teva Pharmaceuticals United States, Inc., Parsippany, NJ 07054, United States; 0.08–0.30 mg/kg PO) in one capelin (Mallotus villosus) 1–2 h prior to injectable pre-medication. All dolphins were pre-medicated with a combined midazolam (West-Ward, Eatontown, NJ 07724, USA; 0.08–0.1 mg/kg IM) and meperidine (Hikma Pharmaceuticals, Berkeley Heights, NJ 07922 United States; 0.1–0.2 mg/kg IM) injection. A 5 Fr, 10 cm catheter (Micro-introducer Kit, Innovative Veterinary Medicine, Inc., Ponte Vedra, FL 32081, United States) was aseptically placed, using ultrasound guidance, into a lateral caudal subcutaneous vein (49). Immediately prior to and during induction of anesthesia, a 5 mL/kg IV bolus of lactated Ringer’s solution (Baxter Healthcare Corporation, Deerfield, IL 60015, United States) was administered. General anesthesia was induced with midazolam (0.02 mg/kg IV) and propofol (Hospira, Inc., Lake Forest, IL 60045 USA; 2–4 mg/kg IV) to allow for orotracheal intubation (16–18 mm internal diameter, cuffed silicone tracheal tube). Anesthesia was maintained in sternally-recumbent dolphins using sevoflurane (Baxter Healthcare Corporation, Deerfield, IL 60015, United States) and 100% oxygen on a circle breathing system. Anesthetic gas delivery was adjusted to maintain 1.8%–2.0% end-tidal sevoflurane concentration (FEsevo). Intravenous lactated Ringer’s solution infusion was maintained at 5 mL/kg/h throughout the anesthetic procedure. All dolphins were temporarily placed into lateral, oblique position to allow placement of a 4 Fr, 10 cm palmar median artery catheter (Innovative Veterinary Medicine, Inc., FL, USA) for continuous direct blood pressure measurement, arterial blood gas sampling, and cardiac output determination via lithium dilution (LiDCO Unity; LiDCO, London, N17 0QJ, United Kingdom) (50).

Additional anesthesia and analgesia were provided, when clinically indicated, in the form of regional or local nerve blocks (lidocaine, 2% inj, Hospira, Inc.; bupivacaine, 0.5% inj, Hospira, Inc.) and/or midazolam (0.02 mg/kg) and/or meperidine (0.1–0.2 mg/kg) IV boluses. In one dolphin, neuromuscular blockade (atracurium besylate, Hospira, Inc., 0.1 mg/kg IV, PRN q20 mins) was used to provide muscle relaxation. Table 3 provides a summary of anesthetic protocols used on individual animals.



TABLE 3 Summary of balanced anesthetic protocols for bottlenose dolphins enrolled in the study.
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2.3 Study design and criteria

The two modes of ventilation were applied to each dolphin in a cross-over design. CMV was applied using a commercially available large animal anesthesia machine with a descending bellows ventilator (Surgivet LDS3000 with DHV1000; Smiths Medical ASD Inc., OH, United States). AAV was applied using a custom-built ventilator (DolVent; Innovative Veterinary Medicine, LLC., FL, United States) adapted to drive the same commercially available bellows assembly. Ventilation modes were applied based on previously published implementation strategies and estimates of tidal volumes for dolphins—maximum 20 mL/kg tidal volume (VT) and an arterial carbon dioxide tension (PaCO2) within 50–55 mmHg (31, 51). Mean arterial blood pressure (MAP) was maintained between 65 and 80 mmHg using ephedrine (Akorn, Inc., Lake Forest, IL 60045, United States; 0.05 mg/kg IV) followed by a constant rate infusion (CRI) of dobutamine (Hospira, Inc., 0.1–2 mcg/kg/min IV). Phenylephrine (Avadel Legacy Pharmaceuticals, LLC, Chesterfield, MO 63005, United States; 0.01–1 mcg/kg/min IV) CRI was supplemented to manage hypotension when the dobutamine CRI was insufficient. Table 4 provides a summary of hemodynamic support used for managing blood pressure in individual dolphins.



TABLE 4 Summary of hemodynamic support for bottlenose dolphins enrolled in the study.
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Four phases occurred in all dolphin procedures: Phase 1—instrumentation; Phase 2A—first ventilation mode; Phase 3—transition; Phase 2B—alternate ventilation mode; Phase 4—recovery (Figure 2). During Phase 2A and 2B, data were collected at baseline (T0) and at 30 min (T1) after baseline. A 30-min transition interval (Phase 3) was allotted between Phases 2A and 2B for switching ventilation modes and adjusting ventilatory settings to meet study criteria. Surgical and medical procedures occurred throughout the study period but were temporarily halted to allow for steady-state data collection and physiologic measurements at each T0 and T1. During Phase 4, reversal agents flumazenil (Fresenius Kabi, Lake Zurich, IL 60047, United States; 1:13 IV) and naloxone (International Medication Systems Limited, El Monte, CA 91733, United States; 10 mcg/kg IV) were administered once FEsevo consistently measured less than 0.8% (Carescape B650; GE Healthcare, Chicago, IL 60661, United States). All dolphins recovered from general anesthesia without complications.

[image: Figure 2]

FIGURE 2
 Cross-over study design to compare two ventilation modes in bottlenose dolphins. Order of ventilation mode was randomly determined. Times in each phase are approximate. Figure created using Biorender.com.




2.4 Monitoring and data collection

A multiparameter monitor (Carescape B650, GE Healthcare) was used for monitoring base-apex electrocardiogram, pulse oximetry, side-stream airway gases (FEsevo and ETCO2) and MAP. Calibration of the airway gas module (755571-HEL, GE Healthcare) according to manufacturer specifications was performed prior to each anesthetic procedure.

A calibrated, pitot tube differential pressure spirometer (DolVent EUI; Innovative Veterinary Medicine, Inc., FL, United States) was placed between the breathing system and the tracheal tube for measurement of respiratory variables. Spirometer accuracy was assessed prior to each anesthetic procedure using a 7 L calibrated syringe (Model 4,900; Hans Rudolph Inc., KS, United States) to ensure measured volumes were within +/− 100 mL of delivered volumes (<2%). Measured and calculated variables common to both ventilation modes included VT, respiratory rate (fR), mean airway pressure (Paw), and total respiratory system dynamic compliance (CRS). CMV specific variables included inspiratory-to-expiratory ratio (I:E), peak inspiratory pressure (PIP), and end-expiratory pressure (EEP). AAV specific variables included Phigh, Plow, Thigh, and Tlow. For CMV and AAV, CRS was computed as VT/(PIP − EEP) and VT/(Phigh − Plow), respectively.

To avoid the need for right heart catheterization in the study dolphins, cardiac output (CO) was measured via lithium dilution (LiDCO Unity) administered in a peripheral vein (31, 50, 52). A sterile lithium chloride solution (lithium chloride, powder, Sigma-Aldrich Inc., St. Louis, MO 63103, United States; sterile water, inj, APP Pharmaceuticals, LLC, Schaumburg, IL 60173, United States) was prepared prior to each anesthetic procedure and a 0.01 mmol/kg IV bolus given for each cardiac output determination.

At each data collection time point, cardiopulmonary data were recorded, systemic arterial (pHa, PaO2, PaCO2, hemoglobin, and oxyhemoglobin saturation) and venous (pHv, PvO2, PvCO2, oxyhemoglobin saturation) blood samples were simultaneously collected (safePICO Aspirator; Radiometer Medical ApS, Copenhagen 2700, Denmark) from the lateral caudal subcutaneous vein and the palmar median artery for immediate analysis (ABL90 Flex, Radiometer Medical ApS), and CO was measured.



2.5 Calculated data

Data calculated using standard formulae included stroke volume (SV = CO/HR), alveolar dead space as a fraction of alveolar ventilation [VDalv/VTalv = (PaCO2 − ETCO2)/PaCO2], alveolar-arterial oxygen tension difference [PAO2 – PaO2, where PAO2 = (PB – PH20) – PACO2/R]; PB is barometric pressure, PH20 is the saturated vapor pressure of water at 37°C, PACO2 is alveolar PCO2 tension (approximated by PaCO2), R is the respiratory quotient and assumed equal to 0.8, systemic vascular resistance (SVR = MAP/CO), arterial blood oxygen content (CaO2 = 1.36 × [Hb] × SaO2 + 0.003 × PaO2), and oxygen delivery (DO2 = CaO2 × CO). CO, SV, DO2, VT, and CRS were indexed to body mass and denoted by an appended I.



2.6 Statistical analysis

Statistical modeling of the cardiopulmonary data utilized repeated measures three-way ANOVA with main factors mode of ventilation, time point, and order (SAS Version 9.4; SAS Institute, NC, United States). The full model, with specified covariance structure, was fit and assumptions were checked, including residual diagnostics and the assumption of normality. To examine if order of ventilation mode was statistically significant, a re-parameterized two-way ANOVA model with two main factors (order, 2 levels, and time point-by-mode, 4 levels) was used to facilitate contrast estimation. When interactions were not significant, main effects were interpreted using the overall F-statistic and p-value, followed by post hoc mean comparisons and contrast estimation using Tukey’ simultaneous inference p-value adjustment. Statistical significance was set at p < 0.05.




3 Results

Comprehensive health evaluations indicated the physical health statuses of all dolphins were appropriate for general anesthesia and participation in the study. Descriptive statistics for variables specific to each mechanical ventilation mode are provided in Table 5. Three factors included in the final statistical model were order, time point, and ventilation mode. No significant differences were found within a mode between time points for all variables.



TABLE 5 Descriptive statistics of variables recorded during conventional mechanical ventilation (CMV) and apneustic anesthesia ventilation (AAV) modes in nine sternally recumbent anesthetized dolphins (10 anesthetic procedures).
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An effect of mode of ventilation at all time points was found for fR, PaO2, PaCO2, pHa, ETCO2, venous oxygen tension (PvO2), VDalv/VTalv, PAO2-PaO2, mean Paw, CRSI, and systolic arterial pressure (SysAP; Tables 6, 7). Respiratory rate (fR; p < 0.0001) and PaCO2 (p = 0.022) were lower and ETCO2 (p < 0.0001) was higher in AAV compared to CMV. pHa was higher (i.e., closer to normal, physiologic pH) on AAV compared to CMV (p = 0.0121). PaO2 and PvO2 were significantly higher on AAV compared to CMV (p < 0.0001 and p = 0.039, respectively). Mean airway pressure (Paw) and respiratory system dynamic compliance index (CRSI) were significantly higher on AAV (p < 0.0001). Alveolar dead space ventilation (VDalv/VTalv) and alveolar-arterial oxygen tension difference (PAO2-PaO2) were lower on AAV compared to CMV (p < 0.0001). While SysAP was significantly lower on AAV (p = 0.0021), MAP and diastolic arterial pressure (DiasAP) were not statistically significant at p = 0.0504 and 0.0610, respectively. The statistically significant effects of ETCO2 were not considered clinically significant, as the study criteria aimed to maintain a narrow range of PaCO2 by titrating ETCO2 using respiratory rate. Additionally, inherent differences in fR between the two ventilation modes likely affected accurate comparison of ETCO2. No statistically significant differences between modes were found for HR, MAP, DiasAP, CI, pHv, venous carbon dioxide tension (PvCO2), pulse oximetry (SpO2), SV index (SVI), and SVR.



TABLE 6 Measured and calculated respiratory variables in nine sternally recumbent anesthetized dolphins (10 anesthetic procedures) ventilated with either apneustic anesthesia ventilation (AAV) or conventional mechanical ventilation (CMV).
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TABLE 7 Measured and calculated cardiovascular variables in nine sternally recumbent anesthetized dolphins (10 anesthetic procedures) ventilated with either apneustic anesthesia ventilation (AAV) or conventional mechanical ventilation (CMV).
[image: Table7]

An effect of order of ventilation mode was found for VTI, PaO2, ETCO2, VDalv/VTalv, PAO2-PaO2, CRSI, MAP, DiasAP (Tables 6, 7). When AAV was applied as the first ventilation mode (Phase 2A), VTI and PaO2 were significantly higher compared to when CMV was the first mode applied (p = 0.0335 and p < 0.0001, respectively). VDalv/VTalv and PAO2-PaO2 were significantly lower (p = 0.035 and p < 0.0001, respectively) and CRSI was significantly higher when AAV was applied as the first mode (p = 0.0129). When AAV was the first mode used, MAP and DiasAP were significantly lower than when CMV was applied first (p = 0.0041 and 0.0045, respectively). Finally, SVI was significantly higher when CMV was applied first (p = 0.0313).



4 Discussion

In this study, we assessed the cardiopulmonary effects of two distinct modes of mechanical ventilation on anesthetized bottlenose dolphins to determine if a novel mode, AAV, may provide enhanced cardiopulmonary performance compared to CMV.

Central to this study are the significant differences in clinically relevant pulmonary variables when comparing the two ventilation modes. Despite provision of ~98% inhaled oxygen and targeting a PaCO2 range between 50 and 55 mmHg via continuous ETCO2 measurements during both ventilation modes, AAV exhibited significantly higher PaO2, significantly less alveolar dead space ventilation (VDalv/VTalv), and lower alveolar-arterial oxygen tension differences (PAO2-PaO2) than CMV. This would imply improved pulmonary function during AAV and less ventilation-perfusion scatter, whereby most of the dolphin’s lung volume would be adequately perfused and able to effectively participate in gas exchange. Additionally, respiratory system compliance index (CRSI) was significantly higher on AAV, supporting larger tidal volumes over smaller changes in airway pressure, thus improving gas exchange as evidenced from the lower alveolar dead space ventilation (i.e., the proportion of alveolar ventilation not participating in gas exchange).

Improved assessment of ventilation-perfusion matching in the study dolphins would require venous admixture calculation with pulmonary arterial blood and measurement of pulmonary arterial and pulmonary arterial occlusion pressures, increasing the risk of adverse events and adding the complexity of pulmonary arterial vascular access in this species (53, 54). For this reason, central cannulation was not performed. Furthermore, current methods of estimating alveolar dead space in ventilated patients, as performed in this study, are based on end-tidal CO2 concentrations as approximations of mean alveolar CO2 in healthy subjects, and therefore, less accurate measurements of Bohr dead space (55). While all dolphins in this study received comprehensive health evaluations, presence of subclinical, or asymptomatic, pulmonary disease cannot be completely excluded.

The effects of positive pressure ventilation in either mode of mechanical ventilation would be expected to increase intrathoracic pressures and contribute to reduced cardiac preload, cardiac output, blood pressure, and subsequently reduced oxygen delivery to tissues. An important determinant of the cardiovascular effects of positive pressure ventilation is mean airway pressure (mean Paw), whereby increasing airway pressures can contribute to decreasing preload. During implementation of AAV in the study dolphins, mean Paw was significantly higher due to the proportion of time spent at PHIGH (approximately 16 mmHg higher than CMV Paw). However, overall, PHIGH on AAV was lower than PIP on CMV. In a clinical setting, PHIGH and PLOW should be applied to optimize dynamic compliance of the respiratory system to prevent progression of atelectasis. The cardiovascular effects of the higher mean Paw were mostly observed when AAV was the first mode implemented in the study dolphins. For example, when AAV was the first mode of mechanical ventilation, MAP and SVR were significantly lower. AAV displayed lower SV while CMV showed higher SVI with no significant differences in the other cardiovascular variables. However, these findings are likely attributable to the low number of animals enrolled in the study or to the pre-established criteria of a narrow MAP maintenance range, most often requiring the use of inotropic and vasopressive agents to modulate cardiovascular responses. Additionally, the intentional hypercapnia component of the current study (50–55 mmHg) may have contributed to physiologic advantages, such as increased circulating catecholamine concentrations, which may support cardiovascular function and may have contributed to non-significance in most of the cardiovascular variables (56). Overall, from a clinical perspective, AAV did not appear to negatively affect the hemodynamic status of the study dolphins.

While this study provides evidence of improved pulmonary function in dolphins ventilated using the AAV strategy, a comprehensive understanding of normal, in-water dolphin physiology is critical to the understanding of the overall influences of general anesthesia on dolphin cardiopulmonary physiology. Having evolved and adapted to aquatic environments, dolphin circulation, perfusion, and efficiency of gas exchange are likely altered by the removal of minimal to neutral buoyancy for an anesthetized procedure. In one study with 4 out-of-water dolphins anesthetized with a nitrous oxide gas mixture, the neuromuscular blocking agent succinyldicholine, and intraperitoneal or intravenous thiopental and mechanically-ventilated, SVI and CI directly measured between 0.4–0.8 mL/kg and 47–105 mL/min/kg, respectively (57). Directly measured MAP ranged between 122 and 142 mmHg (systolic: 142–160 mmHg; diastolic: 111–130 mmHg). In another study using halothane gas and 10 mg/kg intravenous thiopental, MAP in the study dolphins averaged 115 mmHg, where normal MAP was considered 120–140 mmHg (37). Dolphins in these studies were ventilated using a modified large animal ventilator with a ventilation strategy termed apneustic plateau ventilation, whereby rapid inflation was followed by an inspiratory breath hold and rapid pressure release (37, 58, 59). This mode did not include end expiratory pressure control methods and may have contributed to progressive atelectasis in the study dolphins.

In other studies, using non-invasive methods on non-anesthetized in-water dolphins, average calculated SVI and CI were 0.8 mL/kg and 32.2 mL/min/kg, respectively (60). The dolphins in the current study had SVI measuring 1.5 ± 0.1 mL/kg and CI measurements between 139 and 154 mL/min/kg, with no significant differences observed between the two ventilation modes. Average MAP was between 80.8 and 86 mmHg throughout all phases of the study. Although limited data is available for comparison, the increased SVI and CI and lower MAP measured in anesthetized out-of-water dolphins compared to non-anesthetized in-water dolphins could be attributable to differences in measurement techniques or anesthesia-associated modulation of normal circulation (i.e., post-intubation hypotension, hyperoxia, baroreceptor reflex, differences in mechanical ventilation strategies, and/or anesthetic agents). While these measurements were acquired under general anesthesia and out-of-water conditions, it is difficult to discern the effects of removal from a neutrally buoyant condition from the effects of anesthesia on the measured cardiovascular indices. The comparably lower arterial blood pressure readings in the current study, however, may elucidate an anesthesia-associated hypotensive state of current protocols when compared to anesthetized dolphins from earlier studies, where MAP ranged between 115 and 142 mmHg (37, 57).

While this is the first controlled study comparing to two distinct modes of ventilation in dolphins, several study limitations may have influenced measured and calculated variables, including lack of age and sex matching in the study population, measurement errors, and large gaps in the pharmacokinetic and pharmacodynamic understanding of the anesthetic drugs used. Additionally, interpretation of the cardiovascular variables subjected to statistical analysis may have been confounded by the use of ephedrine boluses and dobutamine and phenylephrine constant rate infusions to maintain the study’s target MAP range of 65–80 mmHg.



5 Conclusion

General anesthesia of this completely aquatic mammal is constrained by several logistical and physiologic complexities, briefly described herein. This study aimed to evaluate one such physiologic complexity, the ventilation-induced cardiopulmonary responses of dolphins, using two distinct ventilation strategies, while attempting to control for variables that would inherently confound interpretation of these responses (i.e., targeted MAP range, pain-associated cardiovascular modulation). While both modes of ventilation provided adequate ventilation-perfusion matching and tissue oxygen delivery at 100% inspired oxygen, AAV resulted in a lower alveolar to arterial oxygen gradient, higher dynamic respiratory system compliance index, significantly higher mean airway pressures, and less alveolar dead space compared to CMV. Additionally, AAV resulted in significantly decreased indices of some parameters of cardiovascular performance (MAP and DiasAP) when implemented as the first mode of ventilation. However, regardless of order of implementation, there were no significant differences in cardiovascular variables between the modes.

Clinical application of mechanical ventilation in dolphins should, therefore, prioritize individual patient needs when possible. Additional complexities of dolphin anesthesia and physiology to consider and mitigate include modulation of core body temperature, patient padding to reduce myopathic and neuropathic morbidities, physiologic effects of removal from neutral buoyancy, and logistics of anesthetic emergence and surgical wound healing. Future studies should, therefore, assess the effects of the out-of-water condition on dolphin circulation and pulmonary function, to include establishment of normal in-water mean arterial pressures, in order to better inform veterinarians on physiologically appropriate anesthetic approaches.
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Nosignificant differences were noted between time points within each mode, therefore, data presented as mean of all time points within a ventilation mode # standard error of the mean.
Overall efects (p-values) of ventilation mode and order of mode application are shown. f respiratory (CMV) or release (AAV) rate; V1, tidal volume index; PaO, arterial oxygen tension;
50, arterial hemoglobin saturation; PaCO;, arterial carbon dioxide tension; pHa, arterial pH; ETCO,, end-tidal carbon dioxide tension; V.V alveolar dead space as a fraction of lveolar
ventilation; P,0-Pa0;, alveolar-arterial oxygen tension gradient; Mean Paw, mean airway pressure; Cel, respiratory system dynamic compliance index,
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