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Jules Verne (1828-1905), author of Around the World in Eighty Days (1873) and Journey to the Center of the Earth (1864), wrote in 1875

“I believe that water will one day be used as a fuel, because the hydrogen and oxygen which constitute it, used separately or together, will furnish an inexhaustible source of heat and light. I therefore believe that, when coal (oil) deposits are oxidised, we will heat ourselves by means of water. Water is the fuel of the future”

Solar energy is the only renewable energy source that has sufficient capacity for the global energy need; it is the only one that can address the issues of energy crisis and global climate change. A vast amount of solar energy is harvested and stored via photosynthesis in plants, algae, and cyanobacteria since over 3 billion years. Today, it is estimated that photosynthesis produces more than 100 billion tons of dry biomass annually, which would be equivalent to a hundred times the weight of the total human population on our planet at the present time, and equal to a global energy storage rate of about 100 TW.

The solar power is the most abundant source of renewable energy, and oxygenic photosynthesis uses this energy to power the planet using the amazing reaction of water splitting. During water splitting, driven ultimately by sunlight, oxygen is released into the atmosphere, and this, along with food production by photosynthesis, supports life on our earth. The other product of water oxidation is “hydrogen” (proton and electron). This ‘hydrogen’ is not normally released into the atmosphere as hydrogen gas but combined with carbon dioxide to make high energy containing organic molecules. When we burn fuels we combine these organic molecules with oxygen. The design of new solar energy systems must adhere to the same principle as that of natural photosynthesis. For us to manipulate it to our benefit, it is imperative that we completely understand the basic processes of natural photosynthesis, and chemical conversion, such as light harvesting, excitation energy transfer, electron transfer, ion transport, and carbon fixation. Equally important, we must exploit application of this knowledge to the development of fully synthetic and/or hybrid devices. Understanding of photosynthetic reactions is not only a satisfying intellectual pursuit, but it is important for improving agricultural yields and for developing new solar technologies. Today, we have considerable knowledge of the working of photosynthesis and its photosystems, including the water oxidation reaction. Recent advances towards the understanding of the structure and the mechanism of the natural photosynthetic systems are being made at the molecular level. To mimic natural photosynthesis, inorganic chemists, organic chemists, electrochemists, material scientists, biochemists, biophysicists, and plant biologists must work together and only then significant progress in harnessing energy via “artificial photosynthesis” will be possible.

This Research Topic provides recent advances of our understanding of photosynthesis, gives to our readers recent information on photosynthesis research, and summarizes the characteristics of the natural system from the standpoint of what we could learn from it to produce an efficient artificial system, i.e., from the natural to the artificial. This topic is intended to include exciting breakthroughs, possible limitations, and open questions in the frontiers in photosynthesis research.
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Photosynthesis is a process by which plants, algae, cyanobacteria, and anoxygenic photosynthetic bacteria capture and store solar energy on a massive scale, in particular via the water-splitting chemistry (Hoganson and Babcock, 1997; Blankenship, 2002; Ferreira et al., 2004; Loll et al., 2005; Yano et al., 2006; Umena et al., 2011). It is the most important reaction on Earth, estimated to produce more than 100 billion tons of dry biomass annually; this means that photosynthesis is producing biomass equal to two Egyptian pyramids per hour. But, this will not be enough to sustain life on Earth by the year 2050. The global fossil fuels on which we currently depend are derived from millions of years of past photosynthetic activity. The fossil energy fuels are limited and must be replaced by renewable and environment-friendly energy source to support and sustain life on Earth (Lewis and Nocera, 2006; Blankenship et al., 2011). To address this immediate energy crisis, worldwide efforts are being made on artificial photosynthesis using the principles and mechanisms observed in nature (Brimblecombe et al., 2009; McConnell et al., 2010; Kanady et al., 2011; Wiechen et al., 2012; Najafpour et al., 2013). It is not a matter of mimicking natural photosynthesis, but to use its current knowledge to improve photosynthesis itself, as well as to produce biofuels, including hydrogen evolution by artificial means (Barber, 2009; Hou, 2010; Nocera, 2012; He et al., 2013).

This book contains 10 chapters and presents recent advances in photosynthesis and artificial photosynthesis. It starts with two opinion articles on possible strategies to improve photosynthesis in plants and fascinating mechanisms of unidirectional photodamage of pheophytin in photosynthesis. The idea that plant photosynthesis is maximized due to the perfect evolution might be faulty. Leister evaluated and argued the issue openly and proposed that improvement of photosynthesis can be made by synthetic biology including genetic engineering, redesign or de novo creation of entire photosystems as well as conventional breeding (Leister, 2012). Unidirectional photodamage of a pheophytin molecule in photosystem II and purple bacterial reaction centers was observed. The mysterious phenomena were analyzed and discussed in terms of different possible functions of the pheophytin in photosynthesis (Hou, 2014).

The book is followed by four review articles that discuss the current state of research on: photosynthetic water oxidation in natural and artificial photosynthesis, as obtained by mass spectrometry (MS) and Fourier transform infrared spectroscopy (FTIR); functional models of thylakoid lumen; and horizontal gene transfer in photosynthetic eukaryotes. The time-resolved isotope-ratio membrane-inlet mass spectrometry (TR-IR-MIMS) is able to determine the isotopic composition of gaseous products. Shevela et al briefly introduced the key aspects of the methodology, summarized the recent results on the mechanisms and pathways of oxygen formation in PS II using this unique technique and outlined the future perspectives of the application in water splitting chemistry (Shevela and Messinger, 2013) Another unique technique in probing the mechanism of water oxidation in PS II is the light-induced FTIR difference spectroscopy. Chu reviewed the recent fruitful structural data, and believed that the FTIR will continue to provide vital structural and mechanistic insights into the water-splitting process in PS II together with isotopic labeling, site-directed mutagenesis, model compound studies, and computational calculation (Chu, 2013). The thylakoid lumen offers the environment for oxygen evolution, electron transfer, and photoprotection in photosynthesis. Jarvi et al evaluated the recent studies of many lumen proteins and highlighted the importance of the thiol-disulfide modulation in controlling the functions of the thylakoid lumen proteins and their pathways of photosynthesis (Järvi et al., 2013). Qiu et al discussed that importance of the horizontal gene transfer (HGT) in enriching the algal genomes and proposed that the alga endosymbionts may be the HGT vectors in photosynthetic eukaryotes (Qiu et al., 2013).

Finally, the book offers four research articles, which focus on FTIR studies on photosynthetic reaction centers, functions of thylakoid protein kinases STN7 and STN8, photosynthesis acclimation of maize seedlings, and characterization of the newly discovered chlorophyll f-containing cyanobacterium Halomicronema hongdechloris. The computational calculation (ONIOM) is increasingly critical in interpreting the FTIR data in elucidating the structural and functional relationship in photosynthesis. Zhao et al using ONIOM type calculation to simulate isotope edited FTIR difference spectra for reaction centers with a variety of foreign quinones in the QA site and allows a direct assessment of the appropriateness of previous IR assignments and suggestions (Zhao et al., 2013). The protein kinases STN7 and STN8 are predominately responsible for the thylakoid phosphorylation in PS II. Wunder et al reported the effects of the STN8 expression levels on the formation and modulation of thylakoid proteins and kinases (Wunder et al., 2013). Hirth et al assessed the photosynthetic acclimation responses of the C3 and C4 plants under simulated field light conditions (Hirth et al., 2013). Recently a chlorophyll f (Chl f) in cyanobacterium Halomincronema hongdechloris was identified and has the most red-shifted absorption peak of 707 nm in oxygenic photosynthesis (Chen et al., 2010), which may enhance the potential photosynthesis efficiency for solar fuel production. The Halomincronema hongdechloris was characterized upon the exposure to the different light, pH, salinity, temperature, and nutrition to achieve the optimizing growth culture conditions (Li et al., 2014).

Due to the extremely limited time frame for collecting manuscripts and the strict deadline for publishing this book, several planned manuscripts by world leaders, who had agreed to contribute, are unfortunately not included in this book. Thus, the current book provides a snapshot of the latest work in photosynthesis research. To obtain complete information on the current progress in the field of photosynthesis, we highly recommend reviews and research articles, published in 2013, in two volumes of Photosynthesis Research (Allakhverdiev et al., 2013a,b)

In conclusion, the book provides readers with some of the most recent and exciting breakthroughs from natural to artificial photosynthesis, discusses the potential limitations of the results, and addresses open questions in photosynthesis and energy research. It is written by 31 young active scientists and established leading experts from Australia, Finland, Germany, Sweden, Taiwan, and the United States. We hope that this book is able to provide novel and insightful information to readers and stimulate the future research endeavors in the photosynthesis community.
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The evolutionary patchwork nature of the light reactions of photosynthesis in plants provides ample scope for their improvement, particularly with respect to its light-harvesting components and the susceptibility of photosystems to photodamage. Such improvements can be achieved by genetic engineering and, more indirectly, by conventional breeding, whereas synthetic biology should allow in the long-term the redesign or de novo creation of entire photosystems that are more efficient because they are less susceptible to photodamage and produce fewer harmful reactive oxygen species. This photosystem redesigning will require novel model organisms in which such concepts can be realized, tested, and reiteratively improved.

HOW “PERFECT” IS PHOTOSYNTHESIS?

The idea that plant photosynthesis cannot be improved, because evolution has already perfected it, is surprisingly widespread. I do not share this notion, for several reasons. (1) Natural selection, which maximizes total fitness rather than (agronomic) yield, has shaped plant photosynthesis for life in environments that differ considerably from the resource-rich settings provided by modern agriculture. (2) Even assuming that plant photosynthesis has been optimized during evolution, major parts of the original “hardware” were obviously sub-optimal, and have been bypassed rather than replaced. This is because plant photosynthesis originated in prokaryotes, and initially evolved in low-light (i.e., marine) conditions in the absence of oxygen. In consequence, plants have to cope with an evolutionary inheritance that includes a photosystem II (PSII), which is damaged by high concentrations of its substrate – light (Nishiyama et al., 2011; Murata et al., 2012). To avoid photodamage, plants have had to develop a whole set of regulatory and protective responses, including processes that dissipate excess excitation energy as heat and allow for rapid repair and turnover of photodamaged PSII subunits. These mechanisms are wasteful under natural conditions and possibly even unnecessary or disadvantageous under the artificial conditions employed in agriculture. Likewise, as an adaptation to the intense irradiation experienced by land plants, the light-harvesting complexes (LHCs) replaced the original cyanobacterial light-harvesting system (phycobilisomes), which was optimized to harvest low levels of light. Ironically, when land plants had to re-adapt to low-light conditions with the advent of woodland and forest canopy, they evolved the capacity to increase light-harvesting by appressing thylakoid membranes into grana stacks (Mullineaux, 2005), but whether grana are as efficient as the original phycobilisomes in harvesting low-light intensities is not at all clear. In the carbon fixation arm of photosynthesis, RuBisCO, the key enzyme of the Calvin-Benson Cycle, is a prominent example for another flawed photosynthetic component. RuBisCO is very inefficient and wastes lots of energy by using O2 (which was absent from the atmosphere when the enzyme was invented) as well as CO2 as a substrate.

Thus, the patchwork nature of photosynthesis provides, at least in theory, ample scope for improvement of the light reactions, particularly with respect to its light-harvesting components and the susceptibility of photosystems to photodamage.

POTENTIAL TARGETS FOR CONVENTIONAL BREEDING

Conventional breeding requires intraspecific variation. Given the high degree of conservation of the structural components of the light reactions among land plants, the fact that there is almost no natural variation in basic photosynthetic parameters among different accessions of the model plant Arabidopsis, as determined by chlorophyll fluorescence parameters (El-Lithy et al., 2005), comes as no surprise. However, some natural variation has been found in mechanisms of constitutive protection against PSII photodamage (Jansen et al., 2010) and in non-photochemical quenching (NPQ; Jung and Niyogi, 2009). Increased vegetative biomass observed in hybrids between Arabidopsis accessions is only indirectly associated with an increase in photosynthesis, because the rate of photosynthesis per unit leaf area in parents and hybrids turns out to be constant (Fujimoto et al., 2012). Instead, heterosis is due to the larger cell size in hybrids, with correspondingly more chloroplasts and more chlorophyll per cell (Fujimoto et al., 2012).

It can therefore be concluded that the structural components of the light reactions of photosynthesis are very probably not susceptible to improvement by breeding, whereas mechanisms involved in the regulation or protection of the photosynthetic light reactions might be amenable to adjustment (Table 1).

Table 1. Overview of approaches to improving photosynthetic light reactions.
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POTENTIAL TARGETS FOR GENETIC ENGINEERING

One obvious route to the improvement of carbon fixation is the transfer of genes from one species to another. Attempts to introduce C4 photosynthesis or other carbon-concentrating systems into C3 plants, engineer improved versions of RuBisCO, or even replace the entire Calvin-Benson cycle, are ongoing (reviewed in: Blankenship et al., 2011; Langdale, 2011). But how can the light reactions of photosynthesis in plants benefit from replacing components by their counterparts from other species? The most pronounced differences between the light reactions in photoautotrophic oxygen-evolving organisms reside in their light-harvesting antenna systems. For instance, cyanobacteria, glaucophytes, and red algae contain the aforementioned phycobilisomes, whereas land plants use LHCs. To enhance light-harvesting indirectly, research efforts are underway in crop plants to enable more light to penetrate to lower levels of the canopy. These involve either modifying plant architecture or decreasing chlorophyll content (reviewed in: Blankenship et al., 2011). The introduction of prokaryotic pigments that absorb further into the near-infrared (Blankenship et al., 2011), or even entire prokaryotic light-harvesting systems (to supplement or replace LHCs), into plants might make it possible to expand the absorption spectrum of photosynthesis and thus increase photosynthetic efficiency at low-light levels.

Moreover, the potential of genetic engineering is not restricted to the modification or replacement of LHCs. The removal or overexpression of single components of the photosynthetic light reactions can improve the efficiency of photosynthesis, at least under certain conditions. For instance, overexpression of either plastocyanin, the soluble electron transporter that reduces photosystem I (PSI), or its algal substitute cytochrome c6, increases biomass in A. thaliana (Chida et al., 2007; Pesaresi et al., 2009; Table 1). Similarly, increased phosphorylation of thylakoid proteins, achieved by inactivating the thylakoid phosphatase TAP38, improves photosynthetic electron flow under certain light conditions (Pribil et al., 2010). This indicates that simple single-gene genetic engineering of photosynthetic light reaction might have practical applications. Moreover, these findings, together with the observation that manipulation of photosynthetic carbon fixation in Arabidopsis (by introducing a prokaryotic glycolate catabolic pathway to bypass photorespiration) also increases biomass accumulation (Kebeish et al., 2007), argue strongly against the idea that plants are limited in their sink, but not in their source, capacity (reviewed in: Kant et al., 2012). Nevertheless, it is clear that neutralization of the feedback mechanisms that down-regulate photosynthesis when sink capacity becomes limiting, and increasing sink capacity per se, are both necessary to get the most out of improved photosynthetic light reactions.

Hence, genetic engineering of the light reactions of photosynthesis should focus primarily on modifying light-harvesting and regulators of photosynthetic electron flow, as well as on increasing the sink capacity of plants to cope with an enhanced photosynthetic rate. The resulting plants should exhibit more efficient photosynthesis under controlled conditions, e.g., in greenhouses, or in regions that cannot otherwise be extensively used for agriculture because of their short growing seasons.

POTENTIAL TARGETS FOR SYNTHETIC BIOLOGY

Whereas some of the opportunities for genetic engineering described above might be defined as synthetic biology approaches, a true synthetic biology project would aim to design photosystems that are insensitive to damage by light. This will need novel “hardware” and, therefore, will require the replacement of the light-sensitive subunits, or even the complete remodeling of photosystems, in particular PSII (Table 1). Assuming that wholesale remodeling is feasible, the problem arises of what to do when more excitation energy is available than is needed for carbon fixation? In natural photosynthesis, excess excitation energy is dissipated as heat, not only to prevent damage to the photosystems but to also to avoid the generation of reactive oxygen species (ROS). Therefore, a redesigned photosystem must not only be light-stable but also avoid ROS production. The latter attribute might be very difficult to realize, and require the design of additional “devices” that utilize or quench excess excitation energy. Hence, one may hazard the guess that several versions of photosystem cores and light-harvesting antenna will have to be designed and combined to fulfill the needs of different organisms and habitats. Such a redesigned photosystem core will probably not be a multiprotein-pigment complex like the natural photosystems. Instead, the number of proteins in such a redesigned photosystem might have to be dramatically reduced to avoid the complex assembly processes that operate in plants, which require a plethora of assembly factors – not all of which have been identified. Moreover, pigments might be introduced into such a novel photosystem by using synthetic amino acids with novel side-chains that absorb light. Finally, these novel photosystems might be used not only in the classical Z-scheme to produce ATP and NADPH, but also exploit novel ways to convert charge separation into chemical energy.

FINAL REMARKS

The considerations outlined above suggest that the light reactions of photosynthesis can be improved by genetic engineering and, more indirectly, by conventional breeding. The redesign or de novo creation of entire photosystems that are less susceptible to photodamage and produce fewer harmful ROS, is a formidable challenge. However, the gain in photosynthetic efficiency when photosystems require less repair and photoprotection will be significant. It is clear that crop plants are the least suited test systems for such approaches, given their long life cycle and inaccessibility to efficient genetic engineering technologies. Therefore, redesigning photosystems will not only require a very deep understanding of the structure and dynamics of the natural photosynthetic light reactions, but also open-minded and innovative concepts of what a perfect photosystem should look like, as well as novel model organisms in which such concepts can be realized, tested, and reiteratively improved.
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The primary reactions in photosynthesis take place in the reaction centers surrounded by light harvesting complexes (Blankenship, 2002; Diner and Rappaport, 2002; Frank and Brudvig, 2004). There are two types of photosynthetic reaction centers. The type I reaction center has iron-sulfur cluster as stable electron acceptor, such as photosystem I complexes, green bacterial and heliobacterial reaction centers, and the type II uses quinone as stable electron acceptor including photosystem II and purple bacterial reaction centers. The electron transfer in type II reaction center in unidirectional via the L-subunit of the reaction centers (Maroti et al., 1985; Hoerber et al., 1986; Martin et al., 1986; Michel-Beyerle et al., 1988). However, the electron transfer in the type I reaction center is different from that in the type II centers, which is bidirectionational (Guergova-Kuras et al., 2001; Li et al., 2006). The three dimensional structures of both types of reaction centers were determined at atomic resolution (Jordan et al., 2001; Ferreira et al., 2004; Loll et al., 2005; Amunts et al., 2007; Umena et al., 2011). The electron transfer pathways in both types of reaction centers are well established (Van Grondelle, 1985; Schatz et al., 1988; Fleming and van Grondelle, 1997; Dekker and Van Grondelle, 2000; Gobets and van Grondelle, 2001; Seibert and Wasielewski, 2003; Van Grondelle and Novoderezhkin, 2006). The primary electron donor in the reaction centers is a pair of chlorophyll molecules, and pheophytin is the primary electron acceptor (Klimov et al., 1977; Holzwarth et al., 2006).

Light is the only source of energy for photosynthesis; it can also be harmful to plants (Powles, 1984). During the recent 10 years the molecular processes of photoinhibition had been intensively studied (Adams and Demmig-Adams, 1993; Aro et al., 1993; Baker and Bowyer, 1994; Anderson et al., 1997; Asada, 1999; Melis, 1999; Niyogi, 1999; Adir et al., 2003; Telfer, 2005; Murata et al., 2007; Tyystjarvi, 2008; Kramer, 2010; Hou and Hou, 2013). The PSII complex is composed of more than 15 polypeptides and 200 pigment molecules. Because there are many pigment and protein molecules not related directly to the photoinhibition reaction, it is difficult to identify which molecule is photodamaged. The preparation of PS II reaction center D1/D2/cytochrome b-559 complex, which contains only a few polypeptides and pigments, can be a good material to meet the difficulty (Nanba and Satoh, 1989).

The PS II reaction center D1/D2/cytochrome b-559 complexes from higher plants contain five polypeptide subunits (Seibert et al., 2004). It contains six chlorophyll a (Chl a), two β-carotene (Telfer et al., 1987; Seibert et al., 1988; Gounaris et al., 1990; Kobayashi et al., 1990; Barbato et al., 1991). The PSII reaction center does not contain the quinone electron acceptors QA and QB. It photochemical reaction is restricted to radical pair formation and recombination (Takahashi et al., 1987; Crystall et al., 1989; Wasielewski et al., 1989). Addition of exogenous electron donors and acceptors allows secondary electron flow reaction to occur. Therefore the D1/D2/cytochrome b-559 complex constitutes a good simple system for probing on the mechanisms from both acceptor-side and donor-side photoinhibition (Barber and Andersson, 1992; Barber and De Las Rivas, 1993; Yu et al., 1995). It has found that primary electron donor P680, accessary chlorophyll, carotene, amino acid residues such as histidine, and pheophytin are vulnerable to excess light.

The primary electron donor P680 of PSII can be damaged easily by exposure of strong light, when no additions are made (Telfer and Barber, 1989). Singlet oxygen is formed as a consequence of radical pair recombination (McTavish et al., 1989; Durrant et al., 1990). The generation of this highly toxic species causes initially a selective and irreversible bleaching of the chlorophylls that constitute P680 and a breakdown of the D1 protein to a 23-kDa fragment containing the N terminus of the complete protein (De Las Rivas et al., 1993). In the presence of a suitable electron acceptor such as silicomolybdate or decylplastoquinone, the P680+ lifetime is increased, and irreversible bleaching of β-carotene and chlorophyll are observed, which are independent of oxygen (Telfer et al., 1991). Under these conditions breakdown of the D1 protein leads to a 24-kDa fragment of C-terminal origin (Shipton and Barber, 1991).

The photobleaching at 680 nm is usually attributed to the photodamage of P680 in the PS II reaction center (Telfer et al., 1990). There is the significant overlapping of absorption of P680, accessary chlorophyll, and pheophytin in the PS II reaction center (Diner and Rappaport, 2002). Using high performance liquid chromatography (HPLC) the one pheophytin in PS II reaction center is photo damaged (Hou et al., 1995; Kuang et al., 1995). The time course of pheophytin photodamage showed the content of pheophytin decreases faster than that of chlorophyll, suggesting that light-induced damage of pheophytin and P680 occurred step by step in which pheophytin photodamage first and followed by P680 (Hou et al., 1996). The kinetics of the photodamage reaction of P680 suggested that the photodegradation product of P680 photodamage is possibly a pheophytin-like molecule (Peng et al., 1999).

A photoprotective hypothesis of pheophytin against photoinactivation induced from acceptor-side in PS II was proposed (Hou et al., 1996). When P680 bounding to D1 and D2 proteins is excited by light energy, primary charge separation takes place and the radial pair P680+ Pheo− is formed, in which the excited state P680 ejects and transfers one electron to the primary electron acceptor pheophytin bound to D1 protein. Since primary quinone electron acceptor QA is lost in the preparation of PS II reaction center complex, the radical pair may be recombined and the P680 triplet is formed. The singlet oxygen generated by the reaction of the triplet P680 and oxygen in the solution is a highly toxic species to PS II reaction center. The pheophytin molecule probably bound to D2 protein firstly damaged by the singlet state oxygen. More excitation energy accumulated in PS II may cause the photodestruction of P680 and accessary chlorophyll. The photodamage of P680 and accessory chlorophyll resulted in the loss of photochemical activity of PS II. The role of the pheophytin molecule bound to D2 subunit is probably to remove the singlet state oxygen as a result protecting P680 against the photoinduced damage. A study of photoinhibition in vitro and in vivo concluded that photoinhibition in intact pea leaves at low temperature is mainly due to the acceptor-side mechanism (Shipton and Barber, 1994). The unidirectional photodamage and photoprotection of pheophytin is probably the important scheme by which the photoinhibitory reaction takes place in green plants in vivo.

As we discussed early, the role of the second or inactive electron transfer branch is unclear. Because the pheophytin molecule on D2 protein is the key component of the second electron-transfer branch in the PS II reaction center, the unidirectional photodamage of pheophytin infer that the role of the second branch is to protect the first one. In other words, the function of the second electron-transfer branch is to remove the singlet state oxygen species using the pheophytin molecule on D2 protein.

As PS II and purple bacterial reaction centers are both belong to the type-II reaction centers, the significant similarity in both structure and function are expected. During the early stages of the photoinhibition of isolated spinach PS II reaction center there is a loss of pheophytin (Hou et al., 1995; Kuang et al., 1995). To see if the process of photoinhibition is similar or different between the purple bacterial and plant reaction centers, the photosynthetic pigments and their correlation to the photochemical activity of the isolated reaction centers from Rb. sphaeroides were assessed (Hou et al., 2005). The experimental data demonstrated: (1) One bacteriopheophytin molecule associated with photochemical activity of the isolated reaction center from Rb. sphaeroides is damaged under strong light illumination; (2) The damaged bacteriopheophytin is likely located in the L subunit of the reaction center; (3) The special pair P870 undergoes a two-step photodamage reaction.

Further investigation on the photodamage mechanisms of bacteriopheophytin in the reaction centers from Rb. sphaeroides is conducted by using liquid chromatography-mass spectrometry (Hou, 2008). The experimental results show that one of the two bacteriopheophytin molecules in the purple bacterial centers accompanying with the complete loss of photoactivity is damaged under strong illumination due to the destruction of its chemical structure. Three degradation products of the bacteriopheophytin photodamage reactions are identified and probably produced by the hydration, de-hydrogen, and de-methylation of bacteriopheophytin molecule under strong light conditions. The main degradation product is probably formed by the de-methylation at C-8 in the bacteriopheophytin molecule.

Which pheophytin in PS II is more sensitive to strong light is currently unknown and need further investigation. The pigment analysis using HPLC and UV-vis-NIR spectroscopy indicates that one pheophytin in PS II and purple bacterial reaction center is more photosensitive than the other (Hou et al., 1996, 2005). The damaged pheophytin may be bound to D1 or D2 proteins (Figure 1). The HPLC and photochemical activity analysis suggested that the damaged pheophytin is likely in the inactive branch in PS II reaction center complex. However, we cannot exclude that possibility of the alternative option, i.e., the damaged pheophytin is located in the active is via D1 protein. This notion is supported by the observation that the photodamage of bacteriopheophytin in purple bacterial reaction center seems to be located in L-subunit.


[image: image]

FIGURE 1. Unidirectional photodamage of pheophytin in PS II reaction centers.



The pheophytin mutants of Synechocystis sp. PCC 6803 might be useful to provide additional evidence on the site of the photosensitive pheophytin in photosynthesis. Two mutants, D1-Leu210His and D2-Leu209His, wherein the pheophytin in D1 and D2 protein is replaced by a chlorophyll, respectively. In these two mutants, there is only one pheophytin per reaction center. In the D1-Leu210His mutant, the only pheophytin in the reaction center is bound to D2 protein. If the photo damaged pheophytin in D2 protein, the photodamage of pheophytin would be expected in the D1-Leu210His mutant. Alternatively, if the pheophytin in D1 protein is more photosensitive, one would observe that photodamage of pheophytin in the D2-Leu209His mutant.

Unidirectionality of pheophytin photodamage might involve electron transfer reaction. For example, upon excitation with blue light (390 nm) a transient B-side charge separated electron transfer was observed in picoseconds at room temperature (Haffa et al., 2003). A series of mutations involving the introduction of potentially negative amino acids in the vicinity of P870 were characterized in terms of the nature of this reaction. B-side electron transfer in bacterial reaction center from Rb. sphaeroides was proposed to be possible photoprotection via rapidly quenching higher excited states of the reaction center (Lin et al., 2001).

Unidirectional electron transfer and photodamage are also discovered in other cofactors such as carotenoid in PS II. The reaction centers of PS II contain two types of β-carotene with different orientations. The β-carotene (I) absorbing at 470 and 505 nm is roughly parallel to the membrane plane, and β-carotene (II) absorbing at 460 and 490 nm seems to be perpendicular orientation (Breton and Kato, 1987) The linear dichroism signal at 485 nm in the PS II core complex CP47/D1/D2/cytochrome b-559 is decreased upon strong illumination (Hou et al., 2000). The observation may be explained as the conformation changes of β-carotene (II) pool, which tends to more perpendicular orientation respective to the membrane plane.

Multiple photoprotective hypotheses have been established including Mn-mediated UV photoinactivation (Hakala et al., 2005; Ohnishi et al., 2005; Wei et al., 2011; Hou et al., 2013), cytochrome b-559 cyclic electron flow or cytochrome b-559 reversible interconvertion between the two redox forms (Thompson and Brudvig, 1988; Barber and De Las Rivas, 1993; Shinopoulos and Brudvig, 2012), and a β-carotene photooxidation (Telfer et al., 2003; Alric, 2005; Shinopoulos et al., 2014). The unidirectional photodamage of pheophytin in photosynthesis is discovered. However the site of the damage pheophytin is unknown. The possible function of the pheophytin in photosynthesis is complex and likely involves forward electron transfer, photoprotection, structural support, photosynthetic evolution, and alternative electron transfer. Further investigation using biophysical techniques and mutagenic methods is required to approve or exclude these possibilities.
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Monitoring isotopic compositions of gaseous products (e.g., H2, O2, and CO2) by time-resolved isotope-ratio membrane-inlet mass spectrometry (TR-IR-MIMS) is widely used for kinetic and functional analyses in photosynthesis research. In particular, in combination with isotopic labeling, TR-MIMS became an essential and powerful research tool for the study of the mechanism of photosynthetic water-oxidation to molecular oxygen catalyzed by the water-oxidizing complex of photosystem II. Moreover, recently, the TR-MIMS and 18O-labeling approach was successfully applied for testing newly developed catalysts for artificial water-splitting and provided important insight about the mechanism and pathways of O2 formation. In this mini-review we summarize these results and provide a brief introduction into key aspects of the TR-MIMS technique and its perspectives for future studies of the enigmatic water-splitting chemistry.
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INTRODUCTION

In nature, the splitting of water to molecular oxygen (O2) is catalyzed by the membrane-bound pigment-protein photosystem II (PSII) of plants, algae, and cyanobacteria (Vinyard et al., 2013). The catalytic site of the water-splitting reaction is an inorganic tetra-manganese mono-calcium penta-oxygen (Mn4CaO5) cluster (Figure 1) that forms, together with its protein ligands, the water-oxidizing complex (WOC) of PSII (Yano et al., 2006; Umena et al., 2011). Water-splitting by the Mn4CaO5 cluster is energetically driven by the strongest biological oxidant, P680+ (with a midpoint potential of ~1.25 V), generated by the light-induced charge separation within the Chl-containing reaction center (RC) of PSII (Diner and Rappaport, 2002; Ishikita et al., 2005). A redox-active tyrosine residue (YZ) is the essential electron transfer intermediate between the photoactive RC and the Mn4CaO5 cluster of PSII. Following light absorption, the Mn4CaO5 cluster is oxidized step-wise (one electron at a time) and thereby cycles through five redox states, known as Si states (where i reflects the number of oxidizing equivalents stored by the cluster) (Figure 1). The four-electron four-proton oxidation chemistry of two water molecules is completed when the four oxidizing equivalents are accumulated within the WOC, and the highly reactive S4 state relaxes into the most reduced S0 state with the concomitant O–O bond formation and release of O2 (Messinger et al., 2012; Cox and Messinger, 2013). This reaction cycle of water oxidation is also known as the Kok cycle (Kok et al., 1970).


[image: image]

FIGURE 1. Cyanobacterial PSII structure and Kok cycle of photosynthetic water oxidation by the Mn4CaO5 cluster. The arrows within PSII indicate the direction of electron transfer which comprises the following redox-active cofactors: inorganic Mn4CaO5 cluster, redox-active tyrosine Z (YZ), the primary electron donor P680 that includes a pair of Chls a (PD1 and PD2) and two accessory Chls (ChlD1 and ChlD2), the primary pheophytin (PheoD1) acceptor, the primary (QA) and the secondary (QB) quinone acceptors. The phytyl tails of the Chl's and Pheo's, and the isoprenyl chains of the quinones have been cut for clarity. The light-induced S state transitions of the Mn4CaO5 cluster are indicated by arrows with “hν” labels. The PSII structure and the zoomed structural model of the Mn4CaO5 cluster in the center of the Kok cycle are based on the recent PSII crystal structure at a resolution of 1.9 Å (PDB entry 3ARC; Umena et al., 2011).



During the last few decades an enormous progress in elucidation of the WOC structure and in understanding the mechanism of the water-splitting became possible due to employment of numerous biophysical techniques (summarized in Aartsma and Matysik, 2008; Messinger et al., 2009a,b; also see refs therein). Among them, time-resolved isotope-ratio membrane-inlet mass spectrometry (TR-IR-MIMS) in combination with isotope labeling (Konermann et al., 2008; Beckmann et al., 2009) provided the most direct information on the Si state dependent substrate water binding to the WOC (Messinger et al., 1995; Wydrzynski et al., 1996). These findings were recently reviewed in detail by Hillier and Wydrzynski (2008), Messinger et al. (2012), and Cox and Messinger (2013) and are, therefore, only briefly discussed here. However, TR-MIMS has also been successfully employed and yielded important data on other structural and mechanistic aspects of the water-splitting chemistry in both natural PSII and in variously designed artificial O2-evolving catalysts. In this mini-review, we summarize these recent investigations and also provide some comments on perspectives of the TR-MIMS technique for future studies of water-splitting and O2 evolution.

KEY CONCEPTS OF TR-MIMS

The concept of TR-MIMS was first applied in 1963, when Georg Hoch and Bessel Kok began to use mass spectrometer with a semipermeable membrane as inlet system (Hoch and Kok, 1963). This allowed to separate the liquid sample from the high vacuum space of the mass spectrometer, while at the same time it was permeable to the gaseous analytes. This excellent solution allowed continuous on-line measurements of dissolved gaseous analytes (either dissolved in solution or directly from the gas phase) with a temporal resolution of a few seconds. Therefore, the TR-MIMS technique is ideally suited for investigations of photosynthetic and artificial water-oxidation/O2 evolution (for instance, see Konermann et al., 2008; Beckmann et al., 2009). For an outline of other TR-MIMS applications in biological and in industrial systems, see reviews by Lauritsen and Kotiaho (1996) and Johnson et al. (2000). Recent technological advances in MIMS instrumentation are summarized in Davey et al. (2011).

A schematic view of a TR-MIMS set-up employing an isotope ratio mass spectrometer is shown in Figure 2. This type of mass spectrometers is normally equipped with an electron-impact ion source, magnetic sector field analyzer, and individual detectors (Faraday cups) that provide simultaneous detection of several masses (ions) with high sensitivity and signal stability. For its ability to monitor and to selectively analyze all isotopologues (molecules that differ only in their isotopic composition) of gaseous products with one instrument, the TR-MIMS approach in combination with isotope enrichments became indispensable tool for kinetic and functional analyses of photosynthetic enzymes (Konermann et al., 2008; Beckmann et al., 2009). The key part of the TR-MIMS instrument is a gas inlet system that is integrated within a MIMS cell. The design of MIMS cells may vary depending on the measuring purposes (Konermann et al., 2008; Beckmann et al., 2009), but all of them contain a gas-permeable membrane functioning as analyte inlet system into the vacuum of the mass spectrometer. The coupling of such a cell to various light sources (e.g., Xenon lamps or lasers) allows carrying out the measurements of light-induced O2 evolution in photosynthetic samples or light-driven O2-evolving artificial catalysts. Before entering the ion source of the mass spectrometer the analytes pass through a cryogenic trap (Figure 2), which freezes out water vapor that inadvertently pervaporate through the membrane in trace amounts.
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FIGURE 2. Representation of a TR-IR-MIMS set-up. Gaseous products, produced by sample suspension (for instance, by PSII samples) in the cell, penetrate through a gas-permeable membrane into a high-vacuum space, pass through a cryogenic trap (which removes water vapor from a flow of gaseous analytes), and enter the isotope ratio mass spectrometer. Here, gaseous analytes are first ionized in the ion source by electron impact, and are then separated according to their m/z ratios by a magnetic field in the sector analyzer that allows simultaneous online detection by individual collector cups (e.g., a 7-cup Faraday detector array). MS signals are monitored and analyzed using a personal computer. See text for further details.



Enrichment of aqueous sample suspension with oxygen's heavy isotope (18O) for isotope ratio measurements of O2 (and/or CO2) isotopologues is a powerful and commonly used tool in studies of water-splitting chemistry and/or related reactions. Therefore, most of the experiments are carried out in H182O-labeled sample suspensions/solutions.

IS WATER THE IMMEDIATE SUBSTRATE OF PHOTOSYNTHETIC O2 EVOLUTION?

It is widely accepted that water is the immediate substrate for photosynthetic O2 production. However, Metzner (1978) suggested that instead hydrogen carbonate (bicarbonate; HCO−3) is the immediate substrate for O2 formation that is subsequently replenished by the reaction of CO2 with H2O. This hypothesis was discounted for long because the isotopic equilibration between 18O-water and HCO−3 is too slow to account for early isotope labeling studies (Ruben et al., 1941; Stemler and Radmer, 1975; Stevens et al., 1975; Radmer and Ollinger, 1980). Due to the discovery that a carbonic anhydrase (CA) activity is associated with PSII (Lu and Stemler, 2002; Villarejo et al., 2002; Moskvin et al., 2004) the “bicarbonate-as-substrate hypothesis” needed to be re-investigated with refined expriments. Indeed, due to rapid exchange of HCO−3 and CO2 species by CA, the 18O-label could “escape” from HCO−3 to water (which has a several orders higher concentration than the added 18O-labeled HCO−3), and, thus, lead to the lack of O2 yield from HCO−3 (Stemler and Radmer, 1975; Radmer and Ollinger, 1980).

Two different TR-MIMS approaches were taken recently and both exclude that HCO−3 is a physiologically significant substrate (Clausen et al., 2005a; Hillier et al., 2006). Clausen et al. (2005a) reported that under H182O-labeled and CO2/HCO−3-depleted conditions the typical oscillation pattern of 18O-enriched O2 evolution is obtained in response to single light flashes, but didn't find any evidence for CO2 release. The latter would be expected in case the Metzner's hypothesis would be correct. Hillier et al. (2006), in their TR-MIMS study, employed 18O/13C-labeled HCO−3 to probe the capability of PSII (from higher plants and cyanobacteria) to oxidize HCO−3. The authors were able to detect an extremely small (and, thus, non-physiological) flux of 18O from HCO−3 into O2 similar to that observed in an early TR-MIMS study of Radmer and Ollinger (1980). Moreover, no relationship between O2 evolution and PSII-associated CA activity was found by McConnell et al. (2007) in their TR-MIMS examination of PSII preparations from higher plants.

IS HYDROGEN CARBONATE A LIGAND TO THE WOC?

Hydrogen carbonate had been proposed to bind as integral cofactor to the Mn4CaO5 cluster after accumulation of many experimental results indicating: (i) the requirement of HCO−3 ions for optimal stability and functionality of the WOC (Van Rensen and Klimov, 2005), and (ii) it's important role for the photoassembly reaction of the Mn4CaO5 cluster (Dasgupta et al., 2008). Moreover, in the PSII crystal structure from Thermosynechococcus elongatus at 3.5 Å resolution, HCO−3 was modeled as a non-protein ligand bridging Mn and Ca ions within the WOC (Ferreira et al., 2004).

Earlier, interesting TR-MIMS experiments were performed by Stemler (1989) and Govindjee et al. (1991), in which formate was tested to induce the release of HCO−3 (that can be detected by TR-MIMS as CO2) from PSII. Although Govindjee et al. (1991) provided clear evidence for the formate-induced release of CO2/HCO−3, the HCO−3 binding site was not specified in this study. Based on numerous previous data indicating that HCO−3 is a ligand to the non-heme iron (NHI) at the electron acceptor side of PSII, the released CO2 was suggested to derive from this binding site. However, later formate was shown to bind both at the acceptor and the donor (water-splitting) side of PSII (Feyziev et al., 2000), and therefore, the released CO2/HCO−3 could also originate from the water-splitting side.

In order to specifically probe the possible binding of HCO−3 to the Mn4CaO5 cluster at the donor side of PSII, Shevela et al. (2008a,b) re-examined and extended the earlier TR-MIMS investigations. Thus, a comparison of the formate-induced C16O18O yields (Figure 3A), under H182O-enriched conditions, in intact PSII and Mn-depleted PSII was performed. This was complemented by experiments in which the gaseous products produced by a quick reductive destruction of the of the Mn4CaO5 cluster by 15N-labeleld NH2OH (Figure 3B) were studied. Both approaches clearly demonstrated that the detected CO2/HCO−3 does not originate from the inorganic core of the water-splitting site of PSII (Shevela et al., 2008a,b). Independent evidence for absence of HCO−3 bound to the WOC was provided by FTIR and GS-MS experiments (Aoyama et al., 2008; Ulas et al., 2008). Moreover, in recent x-ray crystallography studies at resolutions of 1.9-3.0 Å no HCO−3 was found in the vicinity of the Mn4CaO5 cluster, while they all clearly show HCO−3 bound to the NHI on the acceptor side of PSII (Guskov et al., 2010; Umena et al., 2011) (also, see Figure 1). Thus, it can be excluded that HCO−3 is a tightly bound ligand of the Mn4CaO5 cluster.
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FIGURE 3. TR-MIMS experiments demonstrating that HCO−3 is not a tightly bound ligand to the Mn4CaO5 cluster in spinach PSII membrane fragments. (A) Amount of released CO2 upon formate addition (black arrows) to intact PSII membranes is the same as in the case of PSII membranes without the Mn4CaO5 cluster (due to 75-min pre-incubation with 80 mM N2H4). Due to enrichment of sample suspension with H182O (3%) CO2 was detected as C16O18O at m/z 46. (B) Addition of the strong reductant NH2OH (white arrows) at concentrations known to cause rapid reduction of the Mn4CaO5 cluster and release of Mn ions as MnII into the solution didn't lead to a release of CO2/HCO−3 above background. In order to avoid the overlay of CO2 and N2O signals (the latter is known to be produced during interaction of NH2OH with the Mn4CaO4 cluster), the N2O signal was shifted from m/z 44 to m/z 46 by employing the 15N-labeled NH2OH for these experiments. To facilitate equilibration between CO2 and HCO−3 all measurements were performed in the presence of externally added CA (to a final concentration of 3 μg ml−1). Modified from Shevela et al. (2008b).



However, none of the mentioned studies negates the option that a mobile, weakly bound, and rapidly exchanging HCO−3 affects the activity of the WOC. Thus, in case of the TR-MIMS measurements, weakly bound HCO−3 may have been removed during the required degassing of the MIMS cell prior to formate or NH2OH additions to PSII samples. Therefore, the possible loss of weakly bound HCO−3 and the amount of HCO−3 associated with PSII under air-saturated condition remain to be established in future TR-MIMS experiments.

WHEN AND HOW DOES SUBSTRATE WATER BIND TO THE WOC?

Indisputably, the most significant and unique contribution of the TR-MIMS instrumentation in understanding of water-oxidation mechanism in photosynthesis was its application for studying substrate binding in the different Si states of the WOC. In these experiments the binding of water to the WOC is probed by the rapid injection of H182O into the PSII samples which were preset into the desired Si state by pre-illumination with 0, 1, 2, or 3 flashes. Then, after desired incubation times, O2 evolution is induced by a sequence of additional flashes. The exchange rates of the two substrate molecules are then calculated from the change of the 16O18O and 18O18O yields as a function of incubation time (see Figure 4A for protocol of the TR-MIMS measurements of substrate water exchange in the S3 state). The mixing time of H182O with the PSII samples after injection and a very low level of dissolved O2 in H182O are highly important for these experiments since they determine the time resolution of the TR-MIMS measurements. In the first H216O/H182O-exchange TR-MIMS experiments the water exchange kinetics could not be resolved (Radmer and Ollinger, 1986; Bader et al., 1993). The development of the MIMS cell by Messinger et al. (1995), which allowed for fast mixing of H182O with the sample and also implemented O2 removal from the labeled water by the glucose—glucose oxidase—catalase method, greatly improved the time resolution down to the milliseconds scale and allowed measurements of substrate water exchange in all semistable Si states (Messinger et al., 1995; Hillier et al., 1998; Hillier and Wydrzynski, 2000).
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FIGURE 4. Protocol for TR-MIMS measurements of H216O/H182O exchange in the S3 state of PSII (A) and experimentally obtained substrate water exchange rates in spinach thylakoids (B). (A) The S3 state is populated by two pre-flashes given at 2 Hz (shown by the two first black vertical arrows). This is followed by the rapid injection of H182O into the PSII sample (shown by blue vertical arrow) and subsequent fast mixing of the injected H182O with the sample. Evolution of O2 isotopologues is then induced by a 3rd flash, given at varying delay times (from 0 to 10 s) after the H182O injection (signified as incubation time). Finally, a series of four flashes is given at 2 Hz to induce O2 yield used for normalization. (B) TR-MIMS measurements of substrate H216O/H182O exchange kinetics were performed at m/z 34 (top plot) for singly-labeled isotopologue 16O18O, and at m/z 36 (bottom plot) for doubly-labeled 18O18O in the S3 state in spinach thylakoids at 10°C and pH 6.8. Symbols in both plots are experimental data, and the lines in the top and bottom plots are biexponential and monoexponential fits, respectively. The biexponential fit yields rate constants of ~40 s−1 for the fast phase and ~2 s−1 for the slow phase. The slow phase in the 16O18O data is matching the rate found in the monoexponential fit of the 18O18O data (Messinger et al., 1995; Hillier et al., 1998; Hillier and Wydrzynski, 2000, 2004). Adapted from Cox and Messinger (2013).



Figure 4B illustrates characteristic water exchange kinetics in the S3 state as measured in spinach thylakoids with the time resolution of 8 ms. In this figure, the yields of the singly-labeled (16O18O) and doubly-labeled (18O18O) isotopologues of molecular oxygen are plotted as a function of H182O incubation time in the S3 state. While the former plot reflects the result when only one of the two possible 18O-water substrates is exchanged, the latter one is for the case when both 18O-waters are exchanged. The biphasic behavior of the 16O18O rise (detected at m/z 34) (see Figure 4B) is known to represent the exchange rates of two independent slowly and fast exchanging substrate water molecules bound at separate sites within the WOC. In contrast, the 18O18O product (monitored at m/z 36) exhibits a mono-exponential rise with a rate equal to that of the slow phase kinetic of the 16O18O data, thus-reflecting the exchange of the same “slowly” exchanging substrate water as observed at m/z 34. This finding clearly confirms that the two phases of the 16O18O data are an intrinsic feature of the WOC and do not originate from PSII heterogeneity (Messinger et al., 1995; Hillier et al., 1998).

Further TR-MIMS experiments also revealed that the “slowly” exchanging water is bound to the WOC in all semi-stable Si states, while the “fast” exchanging water was detected only in the S2 and S3 states (Hillier et al., 1998; Hillier and Wydrzynski, 2000, 2004; Hendry and Wydrzynski, 2002). Thus, the TR-MIMS technique provides not only the most direct evidence for independent substrate water binding within the WOC, but also allows to monitor the change in their binding affinities throughout the reaction cycle. For a complete overview of the TR-MIMS findings in this field, we refer the readers to reviews by Hillier and Messinger (2005), Hillier and Wydrzynski (2008), Beckmann et al. (2009), Messinger et al. (2012), and Cox and Messinger (2013).

THE 16O/18O ISOTOPE EFFECT AND PHOTOSYNTHETIC WATER-SPLITTING

Up to now there is no final agreement on whether isotopic discrimination during O2 production by photosynthetic water-splitting in PSII contributes to the so-called Dole effect, which describes the finding that the percentage of the 18O isotope in atmosphere is higher (by 23‰) than in oceanic waters (Dole, 1936; Tcherkez and Farquhar, 2007). While many gas isotope ratio studies clearly showed that oxygen produced by O2-evolving organisms is isotopically identical to the water they are suspended in (Dole and Jenks, 1944; Stevens et al., 1975; Guy et al., 1993; Helman et al., 2005), recent 18O-enriched TR-MIMS experiments indicated that the 18O isotope is favored by the WOC for O2 production, thus-suggesting a significant 16O/18O isotope effect in the photosynthetic water-splitting (Burda et al., 2001, 2003). This finding was challenged by recent theoretical estimations that suggest a very small isotope effect (Tcherkez and Farquhar, 2007). Undoubtedly, a resolution of these conflicting results can be provided by revisiting TR-MIMS studies. These future studies should be designed to account for: (i) technical limitations/drawbacks of the previous TR-MIMS experiments (for instance, the absence of fast H182O mixing upon its addition to sample suspension inside the MIMS cuvette Bader et al., 1987; Burda et al., 2003), (ii) possible contribution of isotopic fractionation due to transfer of O2 isotopologues through the membrane inlet toward the high vacuum of mass spectrometer recently reported by Hillier et al. (2006), and (iii) current knowledge of the S-state dependent substrate water binding and exchange rates as derived from TR-MIMS measurements (for reviews, see Hillier and Wydrzynski, 2008; Cox and Messinger, 2013). However, we note here, that without specific investigations of the 18O isotope effect in photosynthetic water-oxidation, our TR-MIMS studies do not reveal any oxygen isotope discrimination in photosynthetically produced O2 (for instance, see Figure 6C and text below for explanations), indicating that any such effect must be small at best.

IN SEARCH FOR INTERMEDIATES OF WATER SPLITTING BY TR-MIMS APPROACH

While most states of the Kok cycle (S0, S1, S2, S3) are semistable, the S3Y•Z and S4 state are known to be a highly reactive intermediates that until very recently were not characterized. Clausen and Junge (2004) attempted to stabilize and identify putative intermediate(s) of the S4 state by applying a high partial O2 pressure in order to shift the equilibrium of the terminal S4 → S0 + O2 + nH+ reaction backwards. Based on their UV-absorption transients the authors observed half suppression of Mn oxidation under only 10-fold increase of ambient O2 pressure (2.3 bar). These results were considered to be the first indication for an intermediate in the S3 → S4 → S0 transition and as a possible route for stabilizing it (Clausen and Junge, 2004). Although a further delayed Chl fluorescence study corroborated these results (Clausen et al., 2005b), experiments by time-resolved X-ray absorption spectroscopy (TR-XAS) (Haumann et al., 2008) and by visible fluorescence study (Kolling et al., 2009) shed doubt on the existence of accessible S4 intermediate(s) that can be populated by inhibition of the terminal step of O2 release from the WOC by elevated O2 concentrations. These controversial studies prompted application of the TR-MIMS technique, which allowed investigation of the effect of elevated O2 pressure on photosynthetic O2 release by direct O2 detection (Shevela et al., 2011a). In these experiments direct monitoring of 18O2 evolution from 18O-labeled water against a high level of 16O2 in a suspension of PSII complexes became possible due to a specially designed high pressure MIMS cell (for details, see Figure 5A). This study demonstrated that neither an inhibition nor altered flash-induced pattern of O2 evolution take place under up to 50-fold increased concentration of dissolved O2 around PSII (Figure 5B). These findings show that the terminal water-splitting reaction/O2 release in PSII is highly exothermic, and are in line with the results obtained by TR-XAS (Haumann et al., 2008) and variable fluorescence (Kolling et al., 2009) studies.


[image: image]

FIGURE 5. Schematic representation of the pressure cell (A) specially designed for TR-MIMS measurements of light-induced 18O2 evolution of PSII under high 16O2/N2 pressures (up to 20 bars). (B) MIMS signals in panel (B); Left: 18O2 production of PSII core complexes from Synechocystis sp. PCC 6803 induced by a series of 200 saturating Xenon flashes (given at 2 Hz; indicated by arrow) at 21.7 bars O2, or 20 bars N2. Other conditions: 30% H182O enrichment; [Chl] = 50 μM; 250 μM DCBQ, pH 6.7, 20°C. Right: Flash-induced 18O2 evolution patterns of PSII membrane fragments from spinach induced by a series of saturating laser flashes (separated by dark times of 25 s) at 20.4 bars O2, or 20.2 bars N2. Other conditions: as above, but with 40% H182O. Adapted from Shevela et al. (2011a).



APPLICATIONS IN ARTIFICIAL PHOTOSYNTHESIS

One of the central goals of artificial photosynthesis is the development of bio-inspired, efficient and robust catalysts that are able to split water employing the energy of sunlight in a fashion similar to the water-oxidizing Mn4CaO5 cluster in PSII (Concepcion et al., 2012; Nocera, 2012; Wiechen et al., 2012). Therefore, data concerning catalytic rates and turnover numbers (stability) of newly synthetized O2-evolving catalysts are highly important for their further development. In this regard, in addition to traditionally used amperometric methods for O2 detection (Renger and Hanssum, 2009), TR-MIMS can be applied as a highly sensitive method for studying the O2-evolving capability of these complexes. However, a major advantage and uniqueness of the TR-MIMS technique in this field is that, in combination with 18O-labeling experiments, it can be employed for studying the pathways of O2 formation in reactions catalyzed by the ‘potential’ solar water-oxidation catalysts (Poulsen et al., 2005; Beckmann et al., 2008; Sala et al., 2010; Shevela et al., 2011b; Najafpour et al., 2012; Vigara et al., 2012). Thus, TR-MIMS detection of the isotopologues of O2 (16O2, 16O18O, 18O2) during catalytic O2-formation in the 18O-enriched aqueous solutions allows to analyze the 18O-fraction (18α) of the evolved O2 with good time resolution and very high accuracy. A correlation of the 18O-fraction in the substrate water (18αtheor; reflects the H182O-enrichment of the solvent water) and in the product O2 (18αexp) gives important information about the origin of the O atoms in the produced molecular oxygen. For instance, the incorporation of exactly half of the possible 18O-fraction into the evolved O2 may indicate that only one of the two O atoms of the O2 product originates from the bulk water as it has been monitored by TR-MIMS in the reactions of O2-evolving catalysts with oxygen-transferring oxidizing agent, oxone (HSO−5) (Poulsen et al., 2005; Beckmann et al., 2008; Shevela et al., 2011b) (see Figure 6A). In the case of “true” water-splitting, 18O-fractions in bulk water and in evolved O2 are expected to be same (i.e., 18αtheor = 18αexp) as depicted in Figure 6B for the reaction of a synthetic catalyst (CaMn2O4 · H2O oxide) with photogenerated oxidizing agent [RuIII(bipy)3]3+ (RuIIIphoto), and in Figure 6C for natural light-induced water-splitting reaction performed by PSII. It's worth mentioning here, that the initial phase of the presented traces until stable 18α values (Figure 6) is a technical artefact, merely caused by the response time of the membrane-inlet system of the mass spectrometer which seems to be related to the overall O2 concentration. However, the difference in time needed to reach final 18α value in two water-splitting reactions shown in Figure 6 also reflects a much slower reaction rate for the reaction of the oxide with RuIIIphoto. Thus, O2 evolution for this reaction was detected only after 1 min of illumination since this time is required to build up a sufficient concentration of photosensitizer RuIIIphoto (data not shown here; for details, see Shevela et al., 2011b). We note that one of the attractive extensions to the described TR-MIMS approach for the characterization of water-splitting catalysts is the coupling of the TR-MIMS instrument to an electrochemical cell (for further details, see Konermann et al., 2008 and refs therein).
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FIGURE 6. Development of the 18O-isotope fraction (18α) over time for the course of the catalytic O2-formation in reactions catalyzed by synthesized CaMn2O4 · H2O oxide (A,B) and by the WOC of PSII (C). (A) Change in 18α-value for the reaction of CaMn2O4 · H2O with HSO−5 (oxone) indicating that only one of the two oxygen atoms of O2 evolved originates from the bulk water. A solution of HSO−5 in H182O-enriched water was injected at t = 0 into the MIMS cell filled in with a non-enriched oxide suspension (1 mg ml−1; pH ~4.5) to give a final HSO−5 concentration of 3.7 mM and an H182O enrichment of 5%. Note that the rise of 18α to the value of 2.5% corresponds to half the percentage of the 18O-labeled water. (B) Change in 18α-value for the reaction of CaMn2O4 · H2O with photogenerated [RuIII(bipy)3]3+. Shortly before illumination (started at t = 0) the reaction mixture (H182O (5%), CaMn2O4 · H2O (1 mg ml−1), [Ru(bipy)3]2+ (1.5 mM), and [Co(NH3)5Cl]2+ (12.5 mM); pH ~4) inside the MIMS cell was purged with N2 until “zero” O2 level was reached. (C) Change in 18α-value for O2 production by PSII membrane fragments isolated from spinach. O2 evolution was induced by actinic continuous light at t = 0. Other conditions: 5% H182O, [Chl] = 0.03 mg ml−1, 0.6 mM PPBQ, 2 mM K3[Fe(CN)6], pH 6.0, and 20°C. Gray dashed lines in all panels indicates the theoretical 18α value expected for reaction of the “true” water-splitting, i.e., when both oxygen atoms of formed O2 originate from water. In all cases O2 production was detected by TR-MIMS as 16O2 (at m/z 32), 16O18O (m/z 34), and 18O2 (m/z 36), and the 18α was calculated according to the following equation: 18α = ([18O2] + 1/2[16O18O])/[O2]total. Adapted from Shevela et al. (2011b).



CONCLUSIONS AND FUTURE PERSPECTIVES

Application of the TR-MIMS technique and isotope labeling for studies of various biophysical aspects of photosynthetic water-splitting and O2 production is continuously growing. It provides not only insightful and unique information (which is sometimes not accessible by other methods) about this fundamental biological process, but also becomes an essential and highly precise tool for testing artificial water-oxidizing catalysts. Future applications of TR-MIMS for studies of water-splitting chemistry and O2 production could follow from advances in membrane materials, different designs of the membrane-inlet systems, coupling with electrochemistry and spectroscopy, and technological developments of the mass spectrometers.
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The photosystem II reaction center mediates the light-induced transfer of electrons from water to plastoquinone, with concomitant production of O2. Water oxidation chemistry occurs in the oxygen-evolving complex (OEC), which consists of an inorganic Mn4CaO5 cluster and its surrounding protein matrix. Light-induced Fourier transform infrared (FTIR) difference spectroscopy has been successfully used to study the molecular mechanism of photosynthetic water oxidation. This powerful technique has enabled the characterization of the dynamic structural changes in active water molecules, the Mn4CaO5 cluster, and its surrounding protein matrix during the catalytic cycle. This mini-review presents an overview of recent important progress in FTIR studies of the OEC and implications for revealing the molecular mechanism of photosynthetic water oxidation.

Keywords: photosystem II, oxygen evolution, FTIR, manganese cluster, infrared spectroscopy

INTRODUCTION

Photosynthetic water oxidation is catalyzed by a Mn4Ca cluster and its surrounding protein matrix in photosystem II (PSII; Ferreira et al., 2004; Loll et al., 2005; Yano et al., 2006; Umena et al., 2011). The oxygen-evolving complex (OEC) accumulates oxidizing equivalents from the photochemical reactions within PSII and cycles through five oxidation states, termed Sn (n = 0–4, n representing the storage of oxidizing equivalents in the OEC; Kok et al., 1970; Figure 1A). The molecule O2 is produced in the transition of S3-(S4)-S0. One of the recent major breakthroughs in PSII research was the report of the crystal structure of oxygen-evolving PSII at 1.9 Å resolution (Umena et al., 2011). The structure of the Mn4CaO5 cluster is shown in Figure 1B. Three Mn, one Ca, and four oxygen atoms form a cubane-like structure; the fourth Mn connects to the cubic structure by two μ-oxo-bridges. The Mn4CaO5 cluster is connected with four water molecules: two are ligated to Ca and two to Mn4 (Umena et al., 2011; Figure 1B). These water molecules are candidates for substrates in photosynthetic water oxidation. Another distinct feature in the structure is the apparently longer bond distances between the O5-bridging oxygen atom and neighboring metal ions, which indicates weak bonding of this oxygen atom in the cluster. O5 was proposed as a candidate for one of the substrates in dioxygen formation (Umena et al., 2011). More recent studies have suggested that the structure of the X-ray diffraction (XRD) model of PSII is modified by radiation-induced reduction of the Mn cluster (Luber et al., 2011; Grundmeier and Dau, 2012). Despite this problem, the 1.9 Å XRD structure is the crucial foundation for spectroscopic and mechanistic studies of photosynthetic water oxidation.


[image: image]

FIGURE 1. (A) S-state cycle of photosynthetic water oxidation. (B) Structure of the Mn4CaO5 cluster as revealed by the 1.9 Å XRD study (Umena et al., 2011). Images generated in the PyMOL program using Protein Data Bank entry 3ARC.



Several structural models of photosynthetic water oxidation have been proposed (Hoganson and Babcock, 1997; Pecoraro et al., 1998; McEvoy and Brudvig, 2006; Kusunoki, 2007; Pushkar et al., 2008; Siegbahn, 2009; Grundmeier and Dau, 2012), with differing locations and molecular structures of S-state intermediates (i.e., terminal water molecules or water-derived metal ligands). Several molecular spectroscopic techniques, including advanced electron paramagnetic resonance (EPR) spectroscopy (Britt et al., 2004; McConnell et al., 2011; Rapatskiy et al., 2012) and light-induced Fourier transform infrared (FTIR) difference spectroscopy (see below) have been extensively used to resolve this issue.

Fourier transform infrared difference spectroscopy has been widely used to study the structural changes in the OEC during the S-state catalytic cycle. The S2-minus-S1 mid-frequency (1800–1000 cm-1) FTIR difference spectrum was first reported in 1992 (Noguchi et al., 1992). The S3-minus-S2 spectrum of the PSII/OEC was reported in 2000 (Chu et al., 2000b), and spectra of flash-induced S-state transitions (S1 → S2, S2 → S3, S3 → S0, and S0 → S1) during the complete S-state cycle were reported 1 year later (Hillier and Babcock, 2001; Noguchi and Sugiura, 2001). Many FTIR studies of the OEC focused on the mid-frequency region (1800–1000 cm-1) of the IR spectrum, which contains information on structural changes of protein backbones and amino acid side-chains associated with S-state transitions of the OEC. One very important development in FTIR studies of the OEC were reports of high-frequency spectra (3700–3500 cm-1) of the OEC, which contain information on structural changes of the weakly H-bonded OH-stretching of active water molecules during S-state transitions of the OEC (Noguchi and Sugiura, 2000, 2002a,b). The other important developments were reports of low-frequency spectra (<1000 cm-1), which contain information on metal-ligand and manganese-substrate vibration modes of the OEC (Chu et al., 1999, 2000a,c; Yamanari et al., 2004; Kimura et al., 2005b).

This mini-review gives an overview of recent important progress in FTIR studies of the OEC, combined with new spectroscopic and XRD structural information, to understand the chemical mechanism of photosynthetic water oxidation. More comprehensive reviews on FTIR studies of the OEC are available (Noguchi, 2007, 2008a,b; Debus, 2008).

OH-STRETCHING VIBRATIONAL MODES OF ACTIVE WATER MOLECULES IN THE HIGH-FREQUENCY REGION (3700–3500 cm–1) OF THE OEC

The reactions of substrate water during the S-state catalytic cycle of the OEC are of paramount importance to understand the chemical mechanism of photosynthetic water oxidation. In the new XRD structure of the Mn4CaO5 cluster, the four water molecules connected to the OEC are involved in a hydrogen-bonded network linking the Mn4CaO5-cluster and YZ (Umena et al., 2011). The bond distances (2.8–3.3 Å) between oxygen atoms of coordinated water molecules and their neighboring water molecules indicate that most of the O–H groups of the water molecules are weakly hydrogen bonded and will appear in the weakly hydrogen-bonded OH-stretch (3750–3500 cm-1) region of the FTIR spectra. Noguchi and colleagues reported flash-induced difference spectra of S-state transitions in the weakly H-bonded OH-stretching region (Noguchi and Sugiura, 2000, 2002a,b). One active water molecule on the OEC, which gave rise to the S1 band at ~3585 cm-1 and the S2 band at ~3618 cm-1, was identified at 250 K in light-induced S2/S1 FTIR difference spectrum (Noguchi and Sugiura, 2000) and during the S-state cycle at 10°C (Noguchi and Sugiura, 2002a,b) in PSII core complexes from Thermosynechococcus elongatus. The results indicated a weakened hydrogen bond of the OH group for one water molecule connected to the OEC during the S1 → S2 transition. In contrast to the S1 → S2 transition, the S2 → S3, S3 → S0, and S0 → S1 transitions all showed a negative OH-stretching mode at different frequencies, which indicates that these water (or hydroxide) molecules were involved in proton release reactions of the OEC or formed strong hydrogen-bonding interactions during these transitions (Noguchi and Sugiura, 2002a,b). In addition, these observations are consistent with a recent FTIR study which concluded that the proton release pattern from the substrate water on the OEC is in 1:0:1:2 stoichiometry for the S0 → S1 → S2 → S3 → S0 transition (Suzuki et al., 2009). One of the important issues is the exact location of these active water molecules detected by FTIR difference spectra on the OEC (e.g., associated with Mn or Ca) in the new XRD structure.

Mn LIGAND AND Mn-SUBSTRATE VIBRATION MODES IN THE LOW-FREQUENCY REGION (<1000 cm–1) OF THE OEC

From studies of Mn model compound, Mn-ligand and Mn-substrate vibration modes of the PSII/OEC are expected to show up in the low-frequency region (<1000 cm-1) of the IR spectrum (Chu et al., 2001c). In low-frequency S2/S1 FTIR difference spectra of octyl-β-D-thioglucopyranoside (OTG) PSII core preparations of spinach, a positive mode at 606 cm-1 in 16O water clearly downshifted to 596 cm-1 in 18O water (Chu et al., 2000c; Figure 2A). With double-difference (S2/S1 and 16O minus 18O) spectra, the 606 cm-1 mode was assigned to an S2 mode, and a corresponding S1 mode at about 625 cm-1 was identified (Chu et al., 2000c). In addition, this 606-cm-1 mode was up-shifted to about 618 cm-1 with Sr2+ substitution but not significantly affected by 44Ca isotope substitution (Chu et al., 2000c; Kimura et al., 2005a; Figure 2B). From these results and studies of Mn model compounds, this vibrational mode at 606 cm-1 in the S2 state was assigned to a Mn–O–Mn cluster vibration in the OEC (Chu et al., 2000c). The structure of this Mn–O–Mn cluster very likely includes additional oxo and carboxylate bridges(s). IR modes for υ(Mn=O) and υasy(Mn–O–Mn) for a singly oxo-bridged Mn cluster usually occur at >700 cm-1 and typically have a 30–40 cm-1 downshift (Chu et al., 2001c). They are unlikely to be the origin of the 606-cm-1 mode. Furthermore, this 606-cm-1 mode was altered in S2/S1 FTIR difference spectra of Ala344D1Gly, Glu189Gln, and Asp170HisD1 Synechocystis mutant PSII particles (Chu et al., 2001a; Mizusawa et al., 2004; Kimura et al., 2005c). All the above amino acid residues are direct ligands for the Mn4Ca cluster. Therefore, the structure of the Mn–O–Mn cluster is structurally coupled to its surrounding ligand environment.
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FIGURE 2. Comparison of the low-frequency S2/S1 FTIR difference spectra of spinach PSII core complexes (A) in buffered H216O (solid line) or H218O (dotted line), (B) with Sr2+-reconstitution (solid line) or Ca2+-reconstitution (dashed line), and (C) S2QA–/S1QA FTIR difference spectra with 50 mM NaCl (blue line), 50 mM 14NH4Cl (red line), or 50 mM 15NH4Cl (green line). The sample temperature was 250 K (reprinted with permission from Chu et al., 2000c, copyright 2000 and 2011, by the American Chemical Society).



Low-frequency S3/S2 spectra were reported in OTG PSII core preparations of spinach, in which intense bands at 604(-) and 621 (+) cm-1 were sensitive to 18O water exchange (Chu et al., 2001b). The S3 mode at ~621 cm-1 was attributed to the Mn–O–Mn cluster mode of the S3 state. Kimura et al. (2005b) reported on 16O/18O- and/or H/D water-sensitive low-frequency vibrations of the OEC during the complete S-state cycle in PSII core particles from T. elongatus. The S2 mode at ~606 cm-1 changed their sign and intensity during S-state cycling, which indicates S-state-dependent changes in the core structure of the Mn4CaO5 cluster. In addition, several IR bands sensitive to both 16O/18O and H/D exchanges were attributed to S-state intermediates during the S-state cycling (Kimura et al., 2005b). Furthermore, an intense 577(-) cm-1 band in the S2/S1 spectra was found insensitive to universal 15N- and 13C-isotope labeling and assigned to the skeletal vibration of the Mn cluster or stretching vibrational modes of the Mn ligand (Kimura et al., 2003).

Low-frequency FTIR results demonstrate that one bridged oxygen atom in the Mn–O–Mn cluster of the OEC is accessible to and can be exchanged with bulky-phase water. This exchange occurs within minutes or faster because it is complete within 30 min (Chu et al., 2000c). A recent study involving W-band 17O electron–electron double resonance-detected nuclear magnetic resonance (NMR) spectroscopy reported that one μ-oxo bridge of the OEC can exchange with H217O on a time scale (≤15 s) similar to that of substrate water on the OEC (Rapatskiy et al., 2012). This study also suggested that the exchangeable μ-oxo bridge links the outer Mn to the Mn3O3Ca open-cuboidal unit (O4 and O5 in Figure 1). The authors of this study favored the Ca-linked O5 oxygen assignment (Rapatskiy et al., 2012). Low-frequency FTIR results showed that the Mn–O–Mn cluster mode at 606 cm-1 is sensitive to Sr2+ substitution but not 44Ca substitution (Chu et al., 2000c; Kimura et al., 2005a). Considering the structure of O5 in the Mn4CaO5 cluster (Umena et al., 2011; Figure 1B), the 44Ca-induced isotopic shift of the Mn–O–Mn cluster mode may have been too small to be detected by previous FTIR studies. Thus, the O5-bridging oxygen atom is a good candidate for the exchangeable-bridged oxygen atom in the Mn–O–Mn cluster identified by FTIR. A recent continue-wave Q-band electron nuclear double resonance (ENDOR) study reported a much slower 17O exchange rate (on the time scale of hours) with 17O-labeled water into the μ-oxo bridge of the OEC (McConnell et al., 2011). Future study is required to resolve this discrepancy.

EFFECT OF AMMONIA ON THE OEC

Because of the structural similarity between NH3 and H2O and the ability of NH3 to inhibit photosynthetic water oxidation, the NH3 binding site on the OEC might occur at the substrate water-binding site. Previous EPR studies of NH3-treated PSII samples demonstrated that the S2-state multiline EPR signal is altered when samples illuminated at 200 K are subsequently “annealed” above 250 K (Beck et al., 1986; Britt et al., 1989). FTIR studies showed that NH3 induced characteristic spectral changes in the S2/S1 spectra at 250 K (Chu et al., 2004a; Fang et al., 2005). Among them, the S2-state symmetric carboxylate stretching mode at 1365 cm-1 in the S2/S1 spectrum of control samples up-shifted to ~1379 cm-1 in NH3-treated samples. This carboxylate mode was also altered by Sr2+ substitution (Strickler et al., 2005; Suzuki et al., 2006), which indicates that the action site of NH3 on the OEC is near the Ca2+ site. In addition, the conditions that give rise to the NH3-induced up-shift of this S2-state carboxylate stretching mode at 1365 cm-1 are strongly correlated with those producing the modified S2-state multiline EPR signal (Chu et al., 2004a; Fang et al., 2005). Furthermore, a recent FTIR result showed that NH3 did not replace the active water molecule connected to the OEC during the S1-to-S2 transition at 250 K, whereas the Mn–O–Mn cluster vibrational mode at 606 cm-1 was diminished or underwent a large shift (Hou et al., 2011; Figure 2C). The above results are consistent with the proposal that NH3 may replace one of the bridging oxygen atoms, presumably O5, in the Mn4CaO5 cluster during the S1-to-S2 transition (Britt et al., 1989).

The other intriguing FTIR finding is that the effect of NH3-induced up-shift of 1365 cm-1 mode in the S2/S1 spectrum was diminished at temperatures above 0°C (Huang et al., 2008). The results indicate that the interaction of NH3 with the OEC is attenuated at temperatures above 0°C (Huang et al., 2008). In addition, a recent FTIR study reported an inhibitory effect of the ammonium cation on the PSII/OEC at 283 K (Tsuno et al., 2011). The results suggested that the ammonium cation perturbs some carboxylate residues coupled to the Mn cluster during the S1-to-S2 transition and inhibits the oxygen evolution reaction at 283 K (Tsuno et al., 2011).

FTIR RESULTS FOR PROTEIN LIGANDS OF THE OEC

Fourier transform infrared studies involving isotopic labeling and site-directed mutagenesis have provided a wealth of information on dynamic structural changes of the protein backbones and amino acid side-chains during the S-state transitions of the OEC (Debus, 2008; Noguchi, 2008a; Shimada et al., 2011). An isotope-edited FTIR study identified the L-[1-13C]alanine-sensitive symmetric carboxylate stretching modes in S2/S1 difference spectra to the α-COO- group of D1-Ala344 (Chu et al., 2004b). This mode appears at ~1356 cm-1 in the S1 state and at ~1339 or ~1320 cm-1 in the S2 state in unlabeled wild-type PSII particles but not in D1-Ala344Gly and D1-Ala344Ser mutant PSII particles. These frequencies are consistent with unidentate ligation of the α-COO- group of D1-Ala344 to the Mn4Ca cluster in both the S1 and S2 state (Chu et al., 2004b; Strickler et al., 2005). In addition, substituting Sr for Ca did not alter the symmetric carboxylate stretching modes of D1-Ala344 (Strickler et al., 2005). The results suggested that the α-COO- group of D1-Ala344 did not ligate Ca. In the 1.9 Å XRD structure, the α-COO- group of D1-Ala344 shows very asymmetrical bridging between Mn2 and Ca in the cluster, with the Mn–O distance 2.0 Å and Ca–O distance 2.6 Å (Kawakami et al., 2011). In addition, the isotopic bands for the α-COO- group of D1-Ala344 showed characteristic changes during S-state cycling (Kimura et al., 2005d). These results indicated that the C-terminal Ala 344D1 is structurally coupled, presumably directly ligated, to the Mn ion that undergoes oxidation of Mn(III) to Mn(IV) during the S1-to-S2 transition and is reduced in reverse with the S3-to-S0 transition (Chu et al., 2004b; Kimura et al., 2005d). In contrast, mutations of D1-Asp170, D1-Glu189, and D1-Asp342 did not eliminate any carboxylate vibrational stretching modes during S-state cycling of the OEC (Debus et al., 2005; Strickler et al., 2006, 2007). Recent computational studies suggested that vibrations of carboxylate ligands can be quite insensitive to Mn oxidation, if they are not coordinated along the Jahn–Teller axis (Sproviero et al., 2008). In their model, the only amino acid residue that is ligated along the Jahn–Teller axis of a MnIII ion is CP43-E354.

Of note, CP43-E354Q mutant PSII particles gave rise to characteristic spectral changes in the amide and carboxylate stretch regions of FTIR difference spectra during S-state transitions (Strickler et al., 2008; Shimada et al., 2009; Service et al., 2010). In addition, the weakly H-bonded O–H stretching modes of the active water molecule associated with the OEC were significantly altered in S2/S1 FTIR difference spectra of CP43-E354Q mutant PSII particles (Shimada et al., 2009). Furthermore, H218O exchange mass spectrometry experiments showed that the CP43-E354Q mutation weakened the binding of both substrate-water molecules (or water-derived ligands), particularly affecting the one with faster exchange in the S3 state (Service et al., 2010). The XRD structure of the OEC showed that coordinated water molecules were on Ca2+ and Mn4, which were both not ligated by CP43-E354 (Umena et al., 2011). Presumably, CP43-E354Q mutation may induce significant structural changes to the Mn4CaO5 core that affects associated active water molecule(s) on the OEC during the S1-to-S2 transition.

A recent time-resolved infrared study revealed the proton and protein dynamics associated with the OEC during the S-state transitions (Noguchi et al., 2012). The results suggest that during the S3-to-S0 transition, protons are greatly rearranged to form a transient state before the oxidation of the Mn4CaO5 cluster that leads to O2 formation. In addition, an early proton movement was detected during the S2 → S3 transition, indicating a proton release coupled with the electron transfer reaction. Furthermore, a relatively slow carboxylate movement occurred in the S0 → S1 transition, which might reflect the protein relaxation process to stabilize the S1 state (Noguchi et al., 2012). This study demonstrates that time-resolved infrared technique is extremely useful to monitor proton and protein dynamics of the OEC during photosynthetic oxygen evolution.

BIOINORGANIC MODELS FOR FTIR SPECTRAL INTERPRETATION

Vibrational data from model compounds relevant to the OEC is crucial to interpret FTIR data of the OEC during S-state cycling. However, vibrational data for synthetic multinuclear Mn complexes are still limited (Cua et al., 2003; Berggren et al., 2012). Particularly, vibrational data are needed for the Ca–Mn multinuclear cluster that models the Mn4CaO5 cluster (Kanady et al., 2011; Mukherjee et al., 2012). One previous study reported IR spectra and normal mode analysis of the adamantine-like complex [Mn4O6(bpea)4]n+ (Visser et al., 2002). By using the electrochemical method to record the difference IR spectrum and 18O isotopic labeling, the authors identified Mn–O vibrational modes for [MnIV4] and [MnIV3MnIII]. Comparison with OEC data ruled out the adamantine-like complex as the possible structure intermediate. Nevertheless, this approach is very powerful for interpreting FTIR data for the OEC during S-state cycling.

CONCLUSIONS AND PERSPECTIVES

Light-induced FTIR difference spectroscopy has become a fruitful structural technique to study the molecular mechanism of photosynthetic water oxidation. The new high-resolution XRD structure of the OEC has served as a crucial foundation for designing FTIR experiments and interpreting FTIR data. Combined with isotopic labeling, site-directed mutagenesis, model compound studies, and normal mode analysis, FTIR difference spectroscopy will continue to provide important structural and mechanistic insights into the water-splitting process in PSII.
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It has been known for a long time that the thylakoid lumen provides the environment for oxygen evolution, plastocyanin-mediated electron transfer, and photoprotection. More recently lumenal proteins have been revealed to play roles in numerous processes, most often linked with regulating thylakoid biogenesis and the activity and turnover of photosynthetic protein complexes, especially the photosystem II and NAD(P)H dehydrogenase-like complexes. Still, the functions of the majority of lumenal proteins in Arabidopsis thaliana are unknown. Interestingly, while the thylakoid lumen proteome of at least 80 proteins contains several large protein families, individual members of many protein families have highly divergent roles. This is indicative of evolutionary pressure leading to neofunctionalization of lumenal proteins, emphasizing the important role of the thylakoid lumen for photosynthetic electron transfer and ultimately for plant fitness. Furthermore, the involvement of anterograde and retrograde signaling networks that regulate the expression and activity of lumen proteins is increasingly pertinent. Recent studies have also highlighted the importance of thiol/disulfide modulation in controlling the functions of many lumenal proteins and photosynthetic regulation pathways.
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INTRODUCTION

Photosystem (PS)I, PSII, and the light harvesting complexes (LHCI and LHCII), in concert with the cytochrome (cyt) b6f, ATP synthase, and the NAD(P)H dehydrogenase-like (NDH) are responsible for light harvesting and transduction of solar energy into chemical energy via photosynthetic electron transport (PET). These multi-subunit pigment–protein complexes are embedded in the highly folded thylakoid membrane, which encloses a continuous internal compartment known as the thylakoid lumen. The linear electron transport (LET) chain represents the predominant pathway of PET. Three major thylakoid membrane protein complexes – PSII, cyt b6f, and PSI – cooperate in LET in order to transport electrons from water molecules to oxidized nicotinamide adenine dinucleotide phosphate (NADP+). Photosynthetic water-splitting occurs at the lumenal side of PSII at the oxygen-evolving complex (OEC). Hydrogen ions accumulating in the lumen as a result of water-splitting and cyt b6f activity generate the proton motive force (pmf) that drives ATP synthesis. Lumenal proton concentration is also an important regulator of PET, triggering non-photochemical quenching (NPQ) of harvested energy and slowing down electron transfer in the cyt b6f complex under acidic lumenal conditions. While LET generates both NADPH and ATP, cyclic electron transport (CET) around PSI produces pmf and thus ATP without reducing NADP+ (Heber and Walker, 1992). To that end, the main role of PSI CET is to balance the production of ATP and NADPH according to metabolic needs and to alleviate stromal over-reduction (Shikanai, 2007).

Although the photosynthetic apparatus and light-driven electron transport have been studied extensively, there remains a great deal to learn about factors that regulate PET according to the energy requirements of metabolic pathways and environmental cues. Recent characterizations of thylakoid lumen proteomes and analyses of the component proteins have revealed a range of novel proteins and protein families. Furthermore, the details of recent studies show that the lumen holds key factors for regulation and repair of the photosynthetic membrane, facilitating PET flexibility that is vital for efficient energy conversion. Here we review the current understanding of the functions of thylakoid lumen proteins in LET, CET, and PSII repair, and explore factors that regulate their expression, translocation, and activity (Figure 1; Table 1). Although uncharacterized lumen proteins have mainly been excluded from this review, their roles in PET regulation, retrograde signaling and/or acclimation are also likely to be vital for plant growth and development.
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FIGURE 1. The majority of thylakoid lumen proteins with experimentally verified roles are involved in the function of either the PSII complex or the PSI–NDH supercomplex. The most abundant protein families in the thylakoid lumen are the OEC and OEC-like proteins (green), the immunophilins (blue), and proteases (yellow). In addition, the lumen proteome comprises peroxidases (black), photoprotective enzymes (purple), and several auxiliary proteins. The OEC proteins are proposed to function in water oxidation (square boxes), granal stacking (bolded), photosystem assembly (dotted outline), strigolactone biosynthesis (circle box), and NDH-dependent cyclic electron transfer (dashed outline). A high proportion of lumen proteins are thioredoxin targets (underlined). Regulation of thylakoid redox reactions involves membrane-embedded and soluble proteins (dark blue), and other lumen proteins are also implicated (white typeface). Lumen proteins with phosphorylation sites (asterisked) may be regulated by TLP18.3 phosphatase. Based on current knowledge, verified components of lumenal NDH subcomplex are not under post-translational regulation. No characterized lumenal proteins have so far been linked to the function of ATP synthase.



Table 1. Summary of characterized thylakoid lumen proteins in Arabidopsis.
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DISTINCTIVE FEATURES OF THYLAKOID LUMEN

A decade ago, the thylakoid lumen was believed to be largely devoid of proteins, containing only the OEC proteins, the electron carrier plastocyanin (PC) and violaxanthin de-epoxidase (VDE). Proteomic and genomic studies have now revealed up to 80 proteins in Arabidopsis thaliana (Arabidopsis) to be localized in this compartment (Peltier et al., 2002; Schubert et al., 2002; Kieselbach and Schroder, 2003). All characterized lumenal proteins in Arabidopsis (Table 1) are nuclear-encoded and post-translationally transported into the chloroplast by the TOC/TIC (translocon at the outer/inner envelope of chloroplasts) system (Soll and Schleiff, 2004), while the secretory (Sec) and twin-arginine translocation (Tat) pathways import proteins into the lumen (discussed below; Albiniak et al., 2012). The thylakoid lumen is a constricted and crowded environment in which protein mobility is largely restricted; however, the dimensions of the thylakoid lumen are quite flexible (Mullineaux, 2008). Expansion of the lumenal space occurring in high light is linked to light-induced decrease in pH from around 7.0 in darkness to 5.8 and 6.5 in the light (Kramer et al., 1999; Cruz et al., 2001; Tikhonov, 2013) due the concomitant influx of anions upon acidification (Kirchhoff et al., 2011). The increase in lumenal space under light conditions is thought to allow protein diffusion that is important for PSII maintenance during photosynthetic activity (Kirchhoff et al., 2011). The lumenal pH controls the activities of many lumenal proteins, effectively functioning as a light-sensing on/off switch (discussed below).

PHOTOSYNTHETIC ELECTRON TRANSFER FROM A LUMENAL PERSPECTIVE

WATER-SPLITTING

The OEC contains a Mn4O5Ca cluster that operates in water oxidation at the lumenal side of PSII. After storing four positive charges as a result of four successive electron transfer steps, the OEC oxidizes two water molecules and releases one oxygen molecule and four protons to the thylakoid lumen. Hence the OEC both liberates electrons for the electron transport chain and participates in acidification of the lumen. The OEC is supported by an extrinsic lumen protein complex, which reversibly associates with intrinsic PSII proteins. The OEC proteins are PsbO (also called OEC33), which is located proximal to the Mn4O5Ca cluster, PsbP (OEC23) and PsbQ (OEC17; Bricker et al., 2012). In Arabidopsis each OEC protein is encoded by two duplicate genes. The PsbO1 isoform exhibits higher oxygen-evolving activity than PsbO2 and accounts for around 90% of the total PsbO in WT plants (Murakami et al., 2005). PsbQ1 differs from PsbQ2 in a phosphorylatable serine residue that occurs in the latter (Reiland et al., 2009), while the PsbP1 is the major isoform of PsbP in the Columbia-0 ecotype since the PSBP2 gene contains a frameshift that leads to truncated PsbP2 protein that is probably excluded from the thylakoids (Ifuku et al., 2008).

All three OEC proteins are required for maximal oxygen evolution, most likely because they sequester Cl- and Ca2+ ions required for water-splitting (Miqyass et al., 2007; Popelkova and Yocum, 2007). Additionally, each of the OEC proteins appears to have a unique role in the integrity of PSII complexes. PsbQ is important for PSII stability, particularly under low light (Yi et al., 2006), while PsbP is required for assembly and/or stability of PSII and formation of PSII–LHCII supercomplexes (Yi et al., 2007; Ido et al., 2009). PsbQ stabilizes the interaction between PsbP and the membrane-bound PSII subunit PsbR (Suorsa et al., 2006; Allahverdiyeva et al., 2013). These results suggest that PsbP and PsbQ may coordinate the removal and/or reintegration of the Mn4O5Ca cluster with the disassembly and/or reassembly of PSII complexes during the PSII repair cycle (De Las Rivas et al., 2007). In addition, PsbP and PsbQ are linked to granal stacking (Dekker and Boekema, 2005), but evidence regarding the specific role of PsbQ in thylakoid architecture is contradictory (Yi et al., 2009). PsbO has been described as a GTPase that regulates PSII repair (Spetea et al., 2004; Lundin et al., 2007) and as a carbonic anhydrase (Lu et al., 2005), and has also demonstrated Ca2+ ion-binding activity (Heredia and De Las Rivas, 2003; Murray and Barber, 2006), although all of these features of PsbO are somewhat contentious and remain to be unequivocally demonstrated.

THE Q CYCLE AND cyt b6f

Part of electrons from PSII is shuttled to cyt b6f via the so-called “Q cycle,” which involves successive reduction and oxidation of the membrane-soluble electron- and proton-carrier plastoquinone (PQ). Each Q cycle pumps two protons from the stroma to the lumen, coupling the pH of the lumen to PET activity (Tikhonov, 2013). A subunit of the cyt b6f complex known as the Rieske protein has a lumenal [2Fe-2S] cluster-binding domain that operates in electron transfer between cyt b6 and cyt f. Rieske interacts with the lumenal immunophilin FKBP13 (Gupta et al., 2002a; Gollan et al., 2011), which was thought to regulate the assembly of the cyt b6f complex from the stromal side (Gupta et al., 2002a), although recent results suggest that the FKBP13–Rieske interaction occurs in the thylakoid lumen (Gollan et al., 2011). The chaperone activity of FKBP13 is sensitive to redox regulation, as discussed below.

PLASTOCYANIN AND PSI

Electron transfer from cyt b6f to PSI takes place in the lumen, and yet few lumen proteins appear to be directly involved. The major lumenal electron carrier is the copper-containing protein PC, comprising two isoforms in Arabidopsis that are encoded by the PETE1 and PETE2 genes, of which the latter is more highly expressed (Pesaresi et al., 2009b). A cyt c protein that operates as an alternative electron donor for PSI in cyanobacteria and green algae also occurs in the Arabidopsis thylakoid lumen (cyt c6A), where it has been suggested to have a similar function (Gupta et al., 2002b); however, strong evidence suggests this is not the case in Arabidopsis (Weigel et al., 2003; Pesaresi et al., 2009b). PsaN is the only lumenal subunit of PSI (Kieselbach and Schroder, 2003). Mutants lacking PsaN are capable of assembling functional PSI complexes and growing photoautotrophically; however, restricted electron flow between PSII and PSI in mutant plants show that PsaN is necessary for efficient interaction between PSI and PC (Haldrup et al., 1999).

CYCLIC ELECTRON TRANSFER

In PSI CET, electrons are directed from ferredoxin (Fd) back into the Q cycle rather than to NADP+. The commonly accepted role of CET is in adjusting stromal ATP:NADPH ratios in response to metabolic requirements; however, CET also operates to maintain the low lumenal pH required for NPQ and photosynthetic control of cyt b6f to protect both PSII and PSI, particularly under conditions where PSII is disengaged or inhibited (Kramer et al., 2004; Munekage et al., 2004; Joliot and Johnson, 2011). PSI CET proceeds by two partially redundant pathways; the major route is dependent on proton gradient regulation (PGR) proteins (Munekage et al., 2002; Okegawa et al., 2007) and the formation of a multi-protein CET supercomplex (DalCorso et al., 2008; Iwai et al., 2010), although some of the components remain to be discovered.

The second, minor route for PSI CET involves the membrane-intrinsic NADPH dehydrogenase-like (NDH) complex, which also forms a CET-specific supercomplex through association with PSI (Rumeau et al., 2007; Peng et al., 2009). Based on the structural similarities with mitochondrial complex I of the respiratory chain (Friedrich and Weiss, 1997), which oxidizes NADH and reduces ubiquinone in a process that is coupled to proton translocation across the mitochondrial inner membrane, the NDH-like complex is proposed to play a similar role in the thylakoid membrane. However, the physiological relevance, functional mechanism, and regulation of the chloroplast NDH-like complex have not been fully elucidated (Shikanai, 2007; Yamamoto et al., 2011), partly due to the fact that the abundance of NDH-like complexes in the thylakoid membrane is very low (Sazanov et al., 1998). Nevertheless, the complex is known to be stable only when associated with at least two copies of PSI, and the role of NDH in PSI CET and chlororespiration has been established (Peng and Shikanai, 2011).

The NDH-like complex is composed of at least 30 subunits and auxiliary proteins (Ifuku et al., 2011), and thus the PSI–NDH supercomplex is among the largest protein complexes in the thylakoid membrane. The subunits of NDH include both nuclear-encoded and plastid-encoded proteins, indicating strict control of expression, protein import and assembly processes. Based on characterization of ndh mutant Arabidopsis lines, the chloroplast NDH is postulated to comprise four subcomplexes, known as “A,” “B,” “membrane,” and “lumen” subcomplexes (Ifuku et al., 2011), although detailed structural data for any of these is currently missing. The higher plant NDH is closely related to its cyanobacterial counterpart, with the major differences being the lumenal subcomplex and some auxiliary proteins that are characteristic to plant NDH (Peng et al., 2009; Battchikova et al., 2011).

The lumenal subcomplex, which is vital for stability of subcomplex A, comprises a PsbP homolog (PPL2, also called PNSL1), a PsbQ homolog (PNSL2), and immunophilins FKBP16-2 (PNSL4) and CYP20-2 (PNSL5; Peng et al., 2009; Sirpio et al., 2009; Suorsa et al., 2010; Yabuta et al., 2010). Of these PNSL5/CYP20-2 is the sole contributor to cyclophilins (CYP)-mediated lumenal PPIase activity (Shapiguzov et al., 2006) and was initially found to co-migrate with LHCII (Romano et al., 2004a). Incorporation of subcomplex A into the thylakoid membrane is one of the final steps in formation of functional NDH, and it may be a reversible one that can disengage CET or accommodate NDH repair (Peng and Shikanai, 2011). It seems plausible that the lumenal subcomplex could regulate the assembly and/or (more likely) disassembly of NDH according to the conditions in the thylakoid lumen.

THE PSII ASSEMBLY AND REPAIR INVOLVE A LARGE ARRAY OF LUMENAL PROTEINS

Photosystem II biogenesis shares many components with the repair cycle occurring after photoinhibition of PSII. The D1 protein in the PSII reaction center is the major target of irreversible photodamage during photosynthesis under high light, leading to NPQ by photoinhibition-related quenching (qI); however, balanced damage and repair of PSII have been shown to occur at all light intensities (Tyystjärvi and Aro, 1996). Replacement of damaged D1 requires disassembly of PSII–LHCII complexes, PSII migration from crowded grana thylakoids to the stromal lamellae, D1 removal and replacement, reassembly and finally relocation of functional PSII (Baena-González and Aro, 2002). The lumenal components of PSII biogenesis/repair cycle are discussed below.

Degradation of the damaged D1 protein, carried out primarily by thylakoid-associated FtsH proteases, occurs in cooperation with the lumenal Deg1, Deg5, and Deg8 proteases (Kato et al., 2012). Deg1 is activated by homo-hexamerization in response to pH changes in the lumen (Kley et al., 2011), and interaction between Deg5 and Deg8 to form an active protease complex may also be pH-dependent (Sun et al., 2007). While activated, Deg proteases specifically degrade lumen-exposed loops of D1 (Kapri-Pardes et al., 2007; Sun et al., 2007). Deg1 has proteolytic activity against other lumenal proteins in vitro, including PC and PsbO, suggesting it may operate as a general protease in the thylakoid lumen (Chassin et al., 2002). In addition to proteolytic activity, Deg1 assists PSII assembly through interaction with the reaction center protein D2 (Sun et al., 2010b). Interestingly, the thylakoid lumen acidic phosphatase TLP18.3 is also involved in the degradation of D1 protein, but also in dimerization of PSII (Sirpio et al., 2007; Wu et al., 2011). Interaction between TLP18.3 and Deg1 (Zienkiewicz et al., 2012) might regulate the protease through dephosphorylation (Spetea and Lundin, 2012). The D1 protein is the primary target of photodamage, but other PSII core proteins are also damaged and degraded, particularly in response to environmental stresses. Stromal Deg7 has been shown to be involved in the proteolysis of photodamaged D1, D2, CP47, and CP43 (Sun et al., 2010a), while stromal FtsH proteases and lumenal Deg1 mediate the degradation of LHCII proteins (Zienkiewicz et al., 2012; Luciński and Jackowski, 2013).

Newly synthesized D1 protein is co-translationally inserted into the thylakoid membrane and the core complex. The latter step is assisted by two lumenal proteins, immunophilin CYP38 and “high chlorophyll fluorescence 136” (HCF136), both of which are present already in the proteome of pre-chloroplastic etioplasts, presumably for prompt D1 assembly during thylakoid biogenesis (Meurer et al., 1998; Kanervo et al., 2008). The HCF136 protein is a prerequisite for the assembly of PSII reaction centers during complex biogenesis, while CYP38 assists the assembly of PSII core complexes during both biogenesis and repair (Meurer et al., 1998; Plucken et al., 2002; Fu et al., 2007; Sirpio et al., 2008). The C-terminal CYP-like domain of CYP38 interacts with the PSII apoprotein, CP47 (Vasudevan et al., 2012). Thus, CYP38 might assist the correct folding and integration of CP47 into the PSII core. An additional role for CYP38 may lie in the regulation of correct conformation of D1 and possibly also CP43 during PSII biogenesis and/or repair and as a negative regulator of the thylakoid protein phosphatase that dephosphorylates PSII core proteins (Fulgosi et al., 1998; Vener et al., 1999; Rokka et al., 2000; Fu et al., 2007; Sirpio et al., 2008). The lumenal immunophilin FKBP20-2 also has a role in PSII complex assembly by a yet unknown mechanism (Lima et al., 2006).

Processing of precursor D1 protein to the mature form by the C-terminal processing protease CtpA (Anbudurai et al., 1994; Yamamoto et al., 2001) is required for integration of the OEC complex to PSII (Roose and Pakrasi, 2004). The lumen proteome of Arabidopsis includes three CtpA homologs. Mutation in one of these genes (At3g57680) does not affect accumulation of the D1 precursor suggesting that there may be functional redundancy between the CtpA homologs (Yin et al., 2008). The lumenal homologs Psb27 and “low PSII accumulation 19” (LPA19) interact with the newly inserted D1 precursor and are involved in processing of nascent D1 during PSII biogenesis in Arabidopsis (Chen et al., 2006; Wei et al., 2010). The Psb27 homolog in cyanobacteria interacts with PSII to prevent premature assembly of the Mn4O5Ca cluster at the lumenal side of PSII (Roose and Pakrasi, 2008), suggesting that the timing of D1 maturation is important in the PSII assembly. The importance of a PsbP homolog PPL1 for the PSII repair cycle was shown by the slow recovery of PSII from photoinhibition in ppl1 plants (Ishihara et al., 2007). Finally, the lumenal ascorbate peroxidase APX4/TL29 has been described as a lumen-located component and/or auxiliary protein of PSII (Granlund et al., 2009b), although according to its crystal structure its function is unlikely to involve peroxidase activity (Lundberg et al., 2011).

PSI ASSEMBLY IS DEPENDENT ON LUMENAL PSBP-LIKE PROTEIN PPD1

Compared to PSII, PSI is much more tolerant to, and/or very well protected from photoinhibition, as PSI photodamage exists in vivo only under specific conditions such as chilling temperature (Zhang and Scheller, 2004) or in the deficiency of PGR-dependent CET (Suorsa et al., 2012a, b). So far only one lumenal protein assisting PSI biogenesis, namely the PsbP-like protein PPD1, has been identified. PPD1 interacts directly with PSI reaction center proteins PsaA and PsaB and assists the folding and insertion of these two proteins into the thylakoid membrane (Liu et al., 2012). A lack of PPD1 leads to the loss of PSI and an inability to grow photoautotrophically (Liu et al., 2012).

PHOTOPROTECTION COMPONENTS IN THE THYLAKOID LUMEN

In naturally fluctuating light conditions, the energy harvested by LHCII can become unbalanced in relation to the capacity of stromal acceptors, thus saturating the electron transport chain and generating reactive oxygen species (ROS) that cause photodamage of membrane proteins (Nishiyama et al., 2006; Murata et al., 2007). In order to protect the photosynthetic machinery amidst natural light conditions, plants use energy dissipation mechanisms (NPQ) that are partially located in the thylakoid lumen (Niyogi et al., 1998).

NON-PHOTOCHEMICAL QUENCHING

The major NPQ mechanism (qE) is rapid and reversible, involving dissipation of absorbed light energy as heat. This is predominantly achieved through production of the carotenoid zeaxanthin and reorganization of LHCII, both processes that are triggered by acidification of the thylakoid lumen. Upon protonation, lumenal VDE converts from a monomer to a dimer, opening access to the active site that facilitates the conversion of violaxanthin to zeaxanthin (Arnoux et al., 2009). Protonation of the PSII protein PsbS causes a structural rearrangement of PSII–LHCII supercomplexes (Li et al., 2000, 2004; Kereïche et al., 2010), although the exact role of PsbS in qE remains to be defined (Johnson and Ruban, 2011).

LUMEN RESPONSE TO OXIDATIVE STRESS

Cysteine synthesis 26 (CS26) is an S-sulfocysteine synthase and occurs in low abundance in the thylakoid lumen, but it has a vital role in detection of lumenal redox conditions, particularly in long photoperiods (Pesaresi et al., 2009a; Bermudez et al., 2010, 2012). A lack of CS26 led to strong photoinhibition and a systemic ROS response that was accompanied by reduced levels of OEC proteins and PSII assembly factors (Bermudez et al., 2012). CS26 was recently proposed as a ROS sensor through its sensitivity to thiosulfate accumulation in the lumen (Gotor and Romero, 2013). The “chloroplastic lipocalin” (CHL) is involved in photoprotection of thylakoid membrane lipids. CHL accumulates in the thylakoid lumen during environmental stress conditions such as drought and high light, as well as in paraquat and abscisic acid treatments, to protect the thylakoid membrane from peroxidation (Levesque-Tremblay et al., 2009).

LUMEN PROTEIN FAMILIES

DIVERSE ROLES OF THE PsbP-LIKE AND PsbQ-LIKE PROTEINS

The PsbP family has at least ten members in the Arabidopsis thylakoid lumen (Hall et al., 2010; Sato, 2010). Aside from the OEC protein PsbP, these are PPL1 and PPL2, involved in PSII repair and NDH stability, respectively (discussed above), and at least seven “PsbP domain” proteins (PPD1–7). An eighth (PPD8) is encoded, but has not been detected at the protein level. The role of PPD1 in PSI assembly has been discussed above, but the specific activities of other PPDs in the lumen remain a mystery in many respects. A homolog of PPD2 in the green alga Chlamydomonas reinhardtii is implicated in the generation of singlet oxygen signals (Brzezowski et al., 2012) and PPD5 knockout in Arabidopsis led to a reduction in NDH activity and is linked to production of the carotenoid-derived hormone strigolactone (Roose et al., 2011).

Similarly, multiple PsbQ-like proteins occur in the Arabidopsis lumen. PQL1 and PQL2 are lumenal subunits of NDH (see above), while a third (PQL3) is also required for NDH function, but has not been found in the proteome (Yabuta et al., 2010). The cyanobacterial ancestors of plant PsbP and PsbQ domains, called “cyanoP” and “cyanoQ,” respectively, are involved in PSII oxygen evolution, but may have more of an auxiliary role in regulation of OEC structure and assembly. Notably, cyanoP is considerably more closely related, at least in sequence and structure, to PPL1 than to PsbP in plants (Sato, 2010; Jackson et al., 2012). Considering the few details about the PsbP- and PsbQ-like proteins known so far, it is tempting to speculate that expansion of these families in the lumen has provided opportunities for regulating the lumen-exposed parts of various photosynthetic complexes.

LUMENAL IMMUNOPHILINS REGULATE THE ASSEMBLY, MAINTENANCE, AND TURNOVER OF THYLAKOID MEMBRANE PROTEIN COMPLEXES

The immunophilins include two unrelated protein families, the CYP and the FK506-binding proteins (FKBP), both of which are abundant in the thylakoid lumen proteome (He et al., 2004). Immunophilins are well known for their ability to rotate the peptide bond of a proline residue, known as PPIase activity, which has been linked to protein folding; however, a majority of the lumenal immunophilins does not show PPIase activity against synthetic peptides (Shapiguzov et al., 2006; Edvardsson et al., 2007). The best characterized of the lumen immunophilins is CYP38, which has an atypical CYP domain in the C-terminus and an N-terminal helical bundle, possibly for autoinhibition (Vasudevan et al., 2012). CYP38 does not show PPIase activity, but has a vital role in the assembly of PSII (Fu et al., 2007; Sirpio et al., 2008). Contrary to earlier observations (He et al., 2004; Romano et al., 2004b; Sirpio et al., 2008), CYP38 in Arabidopsis lacks a leucine zipper domain due to a frameshift in the coding sequence. The spinach ortholog of CYP38, called “thylakoid lumen PPIase of 40 kDa” (TLP40; 82% sequence identity to CYP38) is likely to possess a similar functional role to CYP38, but appears to behave differently to its Arabidopsis counterpart in that TLP40 has PPIase activity in vitro (Fulgosi et al., 1998; Vener et al., 1999). FKBP20-2 was also implicated in PSII assembly based on the observed increase of unassembled PSII monomers and dimers in the fkbp20-2 knockout, suggesting a role in formation of PSII supercomplexes (Lima et al., 2006). As discussed earlier, FKBP16-2 and CYP20-2 take part in the lumenal NDH subcomplex (Peng et al., 2009), while another immunophilin, FKBP13, is linked to cyt b6f regulation through interaction with Rieske (Gupta et al., 2002a; Gollan et al., 2011). In wheat, FKBP16-1 and FKBP16-3 may have a role in development of photosynthetic membranes through their interaction partners, the PsaL subunit of PSI and “thylakoid formation-1” (THF1, also called PSB29), respectively (Gollan et al., 2011).

The roles of most lumenal immunophilins remain unclear, although accumulating evidence indicates a primary role in the assembly and/or turnover of photosynthetic complexes. FKBP16-2, FKBP16-4, and CYP37 have been found both in the membrane-bound and lumen-soluble thylakoid proteomes (Peltier et al., 2002; Friso et al., 2004), suggesting that they may be involved in recruitment of lumen proteins to the membrane.

PENTAPEPTIDE REPEAT PROTEINS IN THYLAKOID LUMEN HAVE UNKNOWN FUNCTION

A lumenal pentapeptide repeat-containing (PPR) family has three members; TL15, TL17, and TL20.3 (Schubert et al., 2002; Hall et al., 2010). The lumenal pentapeptide proteins TL15 and TL17 in Arabidopsis increase in abundance upon light adaptation (Granlund et al., 2009a) and are, together with TL20.3, putative targets of thioredoxin (TRX) reduction (Hall et al., 2010). In line with this, the crystal structure of TL15 has revealed an internal disulfide bridge (Ni et al., 2011). Cyanobacterial PPRs have diverse roles, two of which may be relevant in the thylakoid lumen; regulation of light-induced manganese ion import (Chandler et al., 2003) and galactolipid translocation (Black et al., 1995).

POST-TRANSLATIONAL MODIFICATIONS OF LUMEN PROTEINS

REGULATION OF LUMEN PROTEINS BY REVERSIBLE PHOSPHORYLATION

Phosphoproteomics studies have identified several phosphorylated proteins in the thylakoid lumen (Table 1), including the OEC proteins PsbP and PsbQ (Reiland et al., 2009) and lumen-exposed regions of the PSII subunits PsbR and CP47 (Reiland et al., 2009) and the PSI subunits PsaF (Sugiyama et al., 2008) and PsaN (Stael et al., 2012). Phosphorylation of photosynthetic proteins is thought to regulate assembly of the photosynthetic machinery in response to environmental conditions (Reiland et al., 2009). The recent discovery that PsaN phosphorylation is calcium-dependent may link PSI maintenance with dark-induced stromal Ca2+ flux (Stael et al., 2012). Despite these results, neither lumenal kinases, nor the physiological significance of phosphorylation events in the lumen have been found, while a single candidate for dephosphorylation activity is the membrane anchored TLP18.3 (Sirpio et al., 2007; Wu et al., 2011), although its substrates are unknown. The existence of any nucleotide-dependent processes in the lumen is contentious (Kieselbach and Schroder, 2003), although accumulating evidence suggests that ATP can be imported to the lumen by a membrane-embedded thylakoid ADP/ATP carrier (TAAC; Thuswaldner et al., 2007), where it is presumed to be available for protein phosphorylation. Recently TAAC was also described as a phosphosulfate channel in the plastid envelope (Gigolashvili et al., 2012). A nucleoside diphosphate kinase 3 (NDK3) found both in the thylakoid lumen and in mitochondria is capable of hydrolyzing ATP to generate GTP thought to be the substrate for GTPase activity of PsbO that is implicated in OEC dissociation for PSII repair cycle (Spetea and Lundin, 2012).

REDOX REGULATION THROUGH DISULFIDE BRIDGE MODULATION

According to current knowledge, more than 40% of the lumen proteome may be regulated by redox reactions through modulation of disulfide bonds that control protein translocation and folding and/or enzyme activation (Hall et al., 2010). This observation places lumenal redox enzymes as powerful regulators of numerous processes. In comparison, less than 10% of stromal proteins are regulated by TRX, although at least 10 TRX isoforms exist in the stroma. Chloroplast redox enzymes have recently been thoroughly reviewed (Lindahl and Kieselbach, 2009; Hall et al., 2010), and will be discussed here only briefly.

The leading candidate for the source of disulfide reduction in the lumen is HCF164, an integral membrane enzyme with a lumenal TRX domain, thought to accept reducing equivalents from stromal TRX via the membrane-localized “cyt c defective A” (CcdA; Motohashi and Hisabori, 2006, 2010). HCF164 interacts with cyt f and the Rieske iron–sulfur protein and is required for assembly of the cyt b6f complex (Lennartz et al., 2001), and is also capable of reducing PsaN (Motohashi and Hisabori, 2006). A similarly membrane-embedded TRX-like protein is the “suppressor of quenching 1” (SOQ1), thought to regulate NPQ through a previously uncharacterized pathway (Brooks et al., 2013). “Low quantum yield of photosystem II” (LQY1) is a thylakoid membrane-bound Zn finger protein with protein disulfide isomerase activity that interacts with PSII core complexes to modulate disulfide bond formation in PSII subunits during the PSII repair cycle (Lu et al., 2011). “Peroxiredoxin Q” (PRXQ) generally transfers reductants from TRX to hydrogen peroxide for detoxification; however, lumenal PRXQ does not appear to reduce hydrogen peroxide (Petersson et al., 2006).

Disulfide bond formation in the lumen requires an electron acceptor to oxidize thiol groups, although the mechanism for this is not clear. One prospect is lumenal oxygen that is released by water-splitting reactions (Buchanan and Luan, 2005). In an interesting development of this idea, CS26 was proposed to regulate thiol oxidation by production of S-sulfocysteine in the lumen (Bermudez et al., 2012). Another candidate thiol oxidase is the lumenal cyt c6A, which is proposed to shuttle reducing equivalents between thiols and PC (Schlarb-Ridley et al., 2006). Recently the “lumen thiol oxidoreductase 1” (LTO1) protein was found to be a thylakoid membrane-localized enzyme with a lumenal TRX domain that was recently shown to catalyze disulfide bond formation in PsbO in vitro (Karamoko et al., 2011).

Although the mechanisms of thiol/disulfide modulation in the lumen remain unclear, important photosynthetic processes are redox-regulated. Disulfide bond formation is important for folding of PsbO1 and PsbO2, which are susceptible to proteolysis in their unfolded state (Hashimoto et al., 1997; Hall et al., 2010; Karamoko et al., 2011). VDE contains disulfides that are vital for its activity in NPQ (Hall et al., 2010). The substrate-binding/PPIase activity of FKBP13 is controlled by two disulfide bridges that can be reduced and oxidized in vitro by TRX (Gopalan et al., 2004, 2006) and LTO1 (Lu et al., 2013), respectively. This suggests that the interaction between FKBP13 and the Rieske iron–sulfur protein may be linked to redox state of the thylakoid (Gollan et al., 2011). Furthermore, homology between FKBP13 and FKBP16-2 infers similar redox sensitivity for the assembly of the lumenal NDH subcomplex (Gollan et al., 2012), although these possibilities have not been tested experimentally. The activity of lumen immunophilins FKBP20-2 and CYP38 may also be regulated by disulfide bond modulation (Lima et al., 2006; Fu et al., 2007; Sirpio et al., 2008). Identification of lumen TRX targets indicates that the PSII repair cycle and OEC assembly are under redox control (Hall et al., 2010). Finally, a lumen-exposed disulfide bridge is thought to regulate the activity of the membrane-bound LHCII kinase STN7 (Lemeille et al., 2009), although the redox factors responsible have not been found.

PROTEIN TRANSLOCATION INTO THYLAKOID LUMEN

Four separate methods of protein import into thylakoids are established; the “signal recognition particle-dependent” (SRP) method and the “spontaneous” method insert integral membrane proteins into the thylakoid membrane and are employed by many photosynthetic subunits (Michl et al., 1994; Kim et al., 1999). Lumen proteins are translocated from the chloroplast stroma by either the Sec pathway or the Tat pathway, depending on the signal peptide in the precursor of the passenger protein (Albiniak et al., 2012; Table 1).

The Sec system comprises three components; SecA binds the signal peptide in the passenger protein, hydrolyses ATP and threads the unfolded precursor through a fixed channel in the thylakoid membrane comprising SecE and SecY subunits (Yuan et al., 1994; Laidler et al., 1995; Schuenemann et al., 1999). Sec substrates include PsbO, PC, and VDE (Mori et al., 1999).

Unlike the Sec pathway, the Tat pathway operates independently of ATP hydrolysis, instead deriving energy from the pmf across the thylakoid membrane. The Tat system comprises three integral membrane subunits; “high chlorophyll fluorescence 106” (Hcf106) and cpTatC associate together to form a large, hetero-oligomeric complex in the thylakoid membrane, while Tha4 occurs in separate homo-oligomeric complexes. The signal peptides of Tat passengers conserve a central, basic “Arg-Arg” motif that is recognized by the Hcf106–cpTatC receptor complex which, in the presence of suitable pmf, then transiently associates with Tha4, which, according to the current model, forms the translocation pore to conduct the passenger protein through a membrane (Albiniak et al., 2012). According to their signal peptides, all PsbP and PsbQ proteins and their homologs in Arabidopsis are Tat substrates, as are all lumenal FKBPs (including FKBP16-2; Gollan et al., 2012). A compelling feature of the Tat pathway is its capacity to transport folded proteins and protein–cofactor complexes. In the homologous bacterial Tat system, this is a “quality control” mechanism that ensures proper protein folding and cofactor integration prior to protein export (Hynds et al., 1998; Berks et al., 2000). In plants the Tat pathway could similarly facilitate folding and assembly in the relatively stable environment of the chloroplast stroma to underwrite protein and cofactor integrity in the fluctuating conditions of the lumen (Muller and Klosgen, 2005). Furthermore, thylakoid import of folded proteins could abrogate the need for post-translational modifications such as phosphorylation in the lumen. It should be noted that important details of the Tat pathway in plants remain unclear, including (i) the physical mechanism of translocation, (ii) contributions of the pmf components, (iii) involvement of stromal chaperones, and (iv) the conformations, post-translational modifications and complex states of Tat passengers.

RESPONSE OF THE LUMEN PROTEOME TO ENVIRONMENTAL CUES

TRANSCRIPTION REGULATION

The importance of retrograde signals emitted from the chloroplast, and from other sites in the plant cell, in regulating the nuclear expression of photosynthetic proteins is becoming clear (Foyer et al., 2012; Queval and Foyer, 2012). Similar signaling factors are likely to regulate expression of lumenal proteins, which are all encoded in the nucleus (Table 1), and yet elucidation of these signals has received little attention. A recent analysis of the expression profiles divided lumen proteins into two networks; a “constitutive factor” group that included predominantly PSI and PSII subunits and few PSII auxiliary proteins, and a “regulatory factor” group containing NDH subunits, as well as several proteins involved in PSII regulation (Ifuku et al., 2010).

ACCLIMATIONS OF THE LUMEN PROTEOME TO LIGHT AND TEMPERATURE

Fifteen thylakoid lumen proteins displayed increased abundance in light-adapted Arabidopsis compared to dark-adapted plants indicating that their roles are related to photosynthetic activity (Granlund et al., 2009a). These include OEC proteins PsbP1 and PsbQ2, PSII auxiliary proteins HCF136 and PPL1 as well as major PC (PETE2). Additionally PPD5, two pentapeptide proteins and a group of other functionally uncharacterized thylakoid lumen proteins are up-regulated at the protein level in light compared to darkness (Granlund et al., 2009a). Notably, a majority of the proteins found in higher abundance in the light-adapted lumen are Tat substrates, suggesting that the Tat system may regulate the lumen proteome in response to prevailing light (and other stress) conditions according to the pmf that is generated.

Acclimation to low temperature affects the accumulation of eight thylakoid lumen proteins in Arabidopsis (Goulas et al., 2006). These include PsbO1/2, PsbP1/2 proteins, HCF136, NDH related immunophilin PNSL5/CYP20-2, and two FKBP proteins. The drastic increase in accumulation of PNSL5/CYP20-2, which occurs concomitantly with down-regulation of the Calvin–Benson cycle enzymes during cold acclimation, might be linked to the activation of NDH-dependent CET under such conditions. However, it should be noted that Arabidopsis is a cold-tolerant plant and a different response, e.g., in the accumulation of the NDH-like complex, could be present in rice or other cold-sensitive plant species.

THE IMPORTANCE OF PH AS A REGULATOR OF LUMEN PROTEIN ACTIVITY

Light-induced protonation of the thylakoid lumen contributes the major portion of the pmf that drives ATP production; however, the acidic lumen is an important factor in many other processes, as reviewed above (Figure 2). Low pH is required to regulate electron transport, through qE activation and photosynthetic control of cyt b6f (Bratt et al., 1995; Kramer et al., 2004; Li et al., 2004; Joliot and Johnson, 2011). pH-dependent oligomerization of Deg proteases connects thylakoid lumen pH to photoinhibition, recovery and the proteolytic breakdown of other lumenal proteins (Hall et al., 2010). Likewise, OEC is known to become inactivated by pH below 6.0 (Commet et al., 2012). Finally, the light- and dark-induced changes in thylakoid membrane architecture, and the internal dimensions of the thylakoids, are also linked to thylakoid lumen pH (Kirchhoff et al., 2011). The pH of the lumen is determined by the respective rates of electron transfer and ATP synthase activity, and regulation of these processes is used to maintain stromal homeostasis (Kramer et al., 2004; Joliot and Johnson, 2011). It stands to reason that other lumenal activities may also be regulated according to metabolic requirements through controlled changes in thylakoid lumen pH.


[image: image]

FIGURE 2. Lumenal processes under pH regulation. (1) Light-induced expansion of the lumen volume facilitating plastocyanin migration and (2) enhancement of ATP synthase activity; (3) Light-induced activation of VDE and PsbS by protonation for photoprotection; (4) Deg oligomerization for PSII repair; and (5) induction of photosynthetic control via cyt b6f.



CONCLUDING REMARKS

The thylakoid lumen not only provides the environment for oxygen evolution, PC-mediated electron transfer and zeaxanthin formation, but also houses factors that are important for the biogenesis, maintenance and turnover of photosynthetic protein complexes, activity of the NDH-like complex and, based on recent findings, even various signaling cascades. Indeed, most characterized lumenal proteins are linked to the PSII and NDH-like complexes, while only few are associated with PSI or cyt b6f complexes and none have functions related to ATP synthase (Figure 1). A striking feature of the thylakoid lumen proteome is the presence of large protein families such as the OEC-like proteins and immunophilins, suggesting that neofunctionalization of lumenal protein homologs in regulation of photosynthetic complexes has driven the evolution of the lumen proteome. It is evident that lumenal proteins are imported, regulated and degraded directly by changes in the lumenal conditions that reflect the metabolic requirements of the plant. Several novel retrograde and anterograde signaling networks regulating expression and activity of lumen proteins according to environmental cues are likely to be revealed during forthcoming years. To that end, the multitude of photosynthetic regulatory proteins located in the thylakoid lumen should be carefully considered when identifying targets for improving photosynthetic reactions through genetic modifications and/or selection.
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Photosynthesis in eukaryotes occurs in the plastid, an organelle that is derived from a single cyanobacterial primary endosymbiosis in the common ancestor of the supergroup Plantae (or Archaeplastida) that includes green, red, and glaucophyte algae and plants. However a variety of other phytoplankton such as the chlorophyll c-containing diatoms, dinoflagellates, and haptophytes contain a red alga-derived plastid that traces its origin to secondary or tertiary (eukaryote engulfs eukaryote) endosymbiosis. The hypothesis of Plantae monophyly has only recently been substantiated, however the extent and role of endosymbiotic and horizontal gene transfer (EGT and HGT) in algal genome evolution still remain to be fully understood. What is becoming clear from analysis of complete genome data is that algal gene complements can no longer be considered essentially eukaryotic in provenance; i.e., with the expected addition of several hundred cyanobacterial genes derived from EGT and a similar number derived from the mitochondrial ancestor. For example, we now know that foreign cells such as Chlamydiae and other prokaryotes have made significant contributions to plastid functions in Plantae. Perhaps more surprising is the recent finding of extensive bacterium-derived HGT in the nuclear genome of the unicellular red alga Porphyridium purpureum that does not relate to plastid functions. These non-endosymbiont gene transfers not only shaped the evolutionary history of Plantae but also were propagated via secondary endosymbiosis to a multitude of other phytoplankton. Here we discuss the idea that Plantae (in particular red algae) are one of the major players in eukaryote genome evolution by virtue of their ability to act as “sinks” and “sources” of foreign genes through HGT and endosymbiosis, respectively. This hypothesis recognizes the often under-appreciated Rhodophyta as major sources of genetic novelty among photosynthetic eukaryotes.
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INTRODUCTION

Photosynthetic eukaryotes (i.e., algae and plants) are a taxonomically diverse group with a wide variety of cell morphologies (e.g., diatoms, dinoflagellates, coccolithophores) and lifestyles that are key primary producers (Field et al., 1998). All eukaryotic photosynthesis relies on the intracellular organelle, the plastid (chloroplast in plants and green algae) that was derived over one billion years ago from a cyanobacterial primary endosymbiosis. In this process, a once free-living cyanobacterium capable of oxygenic photosynthesis was engulfed and retained in a heterotrophic protist, and over time evolved into the intracellular organelle (Section I in Figure 1; Cavalier-Smith, 1999; Bhattacharya et al., 2004). The resulting plastid-harboring protist ancestor gave rise to three lineages of Plantae (or Archaeplastida); i.e., Glaucophyta, Rhodophyta (red algae), and Viridiplantae (green algae and land plants; Section II in Figure 1; Adl et al., 2005). The establishment of Plantae plastid monophyly (e.g., Rodriguez-Ezpeleta et al., 2005) and, only recently, the monophyly of Plantae hosts (Chan et al., 2011; Price et al., 2012) provides strong support for the idea that the Plantae primary endosymbiosis occurred once in evolution. Despite its groundbreaking impact on eukaryote evolution and overall, the trajectory of life on Earth, primary endosymbiosis appears to be exceedingly rare. The only other known case of plastid primary endosymbiosis is provided by a single lineage of Rhizaria, Paulinella (Lauterborn, 1895; Yoon et al., 2006), which acquired a Synechococcus-like alpha-cyanobacterium ~65 million years ago (Nowack et al., 2008). The rarity of primary endosymbiosis is ascribed to difficulties in the initial “domestication” of the wild-type cyanobacterium and its integration into host cell metabolism. It is believed that primary endosymbiosis in the Plantae ancestor was made possible by the concomitant infection by parasitic Chlamydiae (Huang and Gogarten, 2007). Recent work suggests that effector proteins secreted by Chlamydiae might have facilitated the integration of carbon metabolism between the cyanobacterial endosymbiont and the host (Ball et al., 2013; Baum, 2013).


[image: image]

FIGURE 1. Schematic illustration of cyanobacterial primary endosymbiosis and red algal secondary endosymbiosis that gave rise to the plastid in the vast majority of photosynthetic eukaryotes. Gene movement via endosymbiotic gene transfer (EGT) and horizontal gene transfer (HGT) is indicated with the arrows. Important intracellular organelles (i.e., nucleus, mitochondrion, and plastid) are shown. Genetic material of non-lineal evolutionary origin in the nucleus is presented as stripes of different colors with the color indicating the source of the gene.



Whereas eukaryotic photosynthesis commenced with primary endosymbiosis, its greatest impact was achieved through additional rounds of secondary and tertiary endosymbiosis, whereby the cyanobacterium-derived organelle was transferred to a myriad of other protist hosts (e.g., red algal endosymbiosis; Section III in Figure 1; Keeling, 2010; Dorrell and Smith, 2011). Green algae were taken up at least three times by the ancestors of chlorarachniophytes, euglenids, and some “green” dinoflagellates (Archibald and Keeling, 2002; Rogers et al., 2007; Dorrell and Smith, 2011). The red algal plastid is found in diverse taxa such as cryptomonads, haptophytes, heterokonts, dinoflagellates, and apicomplexans, which collectively are often referred to as “chromalveolates” due to the presence of chlorophyll c in many of their plastids (Cavalier-Smith, 1999). Whether chromalveolates constitute a monophyletic group (Lane and Archibald, 2008; Keeling, 2009), however, clearly not under the scheme envisioned by (Cavalier-Smith, 1999), and whether the red alga-derived plastid found in many of its constituent taxa are derived from a single red algal endosymbiosis event (Section IV in Figure 1; Keeling, 2010) remain subjects of active debate. Even more complicated is tertiary endosymbiosis, in which secondary plastid-containing algae were engulfed and reduced to endosymbionts. This process has occurred multiple times in dinoflagellate lineages (Keeling, 2010) as evidenced by the haptophyte-derived plastid in Karenia and Karlodinium spp. (Hansen et al., 2000), the diatom-derived plastid in taxa such as Kryptoperidinium foliaceum (Chesnick et al., 1997), and the cryptophyte-derived plastid in Dinophysis spp. (Chesnick et al., 1996; Park et al., 2010; Kim et al., 2012).

In addition to the clear instances of plastid endosymbiosis described above in which the organelle is retained in the cell and identifies the donor, are the other more intriguing cases of plastid replacement. When these events are recent and the ancestral plastid source is unambiguous, then the inference is trivial even when both plastid sources are ultimately of the same origin (e.g., dinoflagellate peridinin-containing “red” plastid is replaced by a haptophyte “red” plastid; Ishida and Green, 2002). Apart from phylogenetic signal embedded in the organelle genome, “footprints” of the two endosymbionts can also be found in the nuclear genome in the form of transferred genes associated with each event (Nosenko et al., 2006). However if the cryptic endosymbiosis occurred in deep time (e.g., hundreds of millions of years ago), then such a hypothesis is exceedingly difficult to test if the plastid donors derive from the same ancestral lineage; i.e., making it intractable to discriminate between genes associated with each event. However if the plastid donors are phylogenetically distantly related then it may be possible to identify cases of cryptic endosymbiosis. We proposed such a case involving a cryptic green algal endosymbiosis, initially described in diatom genomes, and then more broadly applied to chromalveolates (Section V in Figure 1; Moustafa et al., 2009). Under this scenario, the cryptic green alga-derived plastid was presumably replaced by the canonical red algal endosymbiont in these taxa. An opposite case is found in the chlorarachniophyte Bigelowiella natans, which contains a green alga-derived secondary plastid but encodes a large number of nuclear-encoded genes of red algal origin (Curtis et al., 2012), potentially derived from the ancient red algal endosymbiont shared by the common ancestor of rhizarians and chromalveolates. Regardless of their mechanism of origin, it is now clear that chromalveolates and rhizarians share a large number of genes of both red and green algal origin. Compared to primary endosymbiosis, once “eukaryotization” of a plastid endosymbiont has occurred then its transfer is more likely. This sort of eukaryote-to-eukaryote plastid transfer resulted in a great deal of plastid diversity and to a large assemblage of taxa with significant ecological, economic, and health significance than the Plantae lineages alone (Simon et al., 2009; Keeling, 2010).

All photosynthetic eukaryotes have undergone extensive foreign gene transfer (Keeling and Palmer, 2008), particularly from the plastid donor via endosymbiotic gene transfer (EGT; Figure 1; Timmis et al., 2004). In addition to receiving genes from the endosymbiont, algae and plants also acquire foreign genes from non-cyanobacterial prokaryotes via horizontal gene transfer (HGT; Figure 1). In contrast to vertical genetic inheritance from parent to offspring, HGT is the genetic movement across species without the involvement of reproduction (Doolittle, 1999). Whereas HGT has long been known as a major force in prokaryote evolution (Gogarten et al., 2002; Boucher et al., 2003), its significance to eukaryote evolution has only recently been appreciated (Keeling and Palmer, 2008; Andersson, 2009; Dunning Hotopp, 2011; Bhattacharya et al., 2013; Wijayawardena et al., 2013). At the broadest level, endosymbiotic (E)/HGT can be thought of as a pipeline that allows the flow of genetic information across branches in the tree of life. Below we summarize recent studies of E/HGT in algae and plants. In particular we focus on complete genome data that was recently generated from the mesophilic, unicellular red alga Porphyridium purpureum (Bhattacharya et al., 2013). We determine the significance of E/HGT in this species from prokaryote sources, and elucidate the role of red algae as mediators of prokaryotic gene spread among taxa that contain a red alga-derived plastid.

ENDOSYMBIOTIC/HORIZONTAL GENE TRANSFER OF PROKARYOTIC GENES IN PLANTAE

In the process of plastid origin, the endosymbiont undergoes dramatic genome reduction leading to highly reduced modern-day plastid genomes encoding <250 genes. This genome reduction is explained in part by the movement of hundreds of cyanobacterium-derived genes to the host nuclear genome via EGT (Figure 1). Many of the protein products of the EGT-derived genes are subsequently synthesized in the cytosol and retargeted to the plastid (Martin et al., 2002; Reyes-Prieto et al., 2006) via a sophisticated trafficking system (Li and Chiu, 2010). Some of the cyanobacterial genes also take on functions unrelated to the plastid (Timmis et al., 2004; Kleine et al., 2009). This massive gene relocation process has resulted in mosaic algal nuclear genomes with the cyanobacterium-derived EGT set accounting for 6–20% of the total gene repertoire in Plantae; e.g., glaucophyte Cyanophora paradoxa (Reyes-Prieto et al., 2006; Price et al., 2012), extremophilic red alga Cyanidioschyzon merolae (Sato et al., 2005; Deusch et al., 2008; Dagan et al., 2013), unicellular green alga Chlamydomonas reinhardtii (Deusch et al., 2008; Moustafa and Bhattacharya, 2008), picoplanktonic green alga Ostreococcus tauri (Dagan et al., 2013), Oryza sativa (Deusch et al., 2008), Arabidopsis thaliana, and other land plants (Martin et al., 2002; Deusch et al., 2008; Dagan et al., 2013).

Another source of evolutionary novelty in Plantae is non-cyanobacterial (i.e., Archaea and other bacteria) prokaryote-derived HGT that occurred throughout the history of this supergroup (Figure 1). HGT appears to be widespread and is found in all three Plantae phyla; e.g., Cyanophora paradoxa (Price et al., 2012), the extremophilic red alga Galdieria sulphuraria (Schoenknecht et al., 2013), the mesophilic red alga Porphyridium purpureum (Bhattacharya et al., 2013), the red seaweed Chondrus crispus (Collen et al., 2013), the green picoprasinophytes Ostreococcus tauri (Derelle et al., 2006) and Micromonas spp. (Worden et al., 2009), the green algae Chlorella variabilis NC64A (Blanc et al., 2010), Coccomyxa subellipsoidea (Blanc et al., 2012), Bathycoccus prasinos (Moreau et al., 2012), and land plants [e.g., the moss Physcomitrella patens (Yue et al., 2012)]. HGT-derived genes have enabled adaptation of red algae to extreme environments (Schoenknecht et al., 2013). A recent genome-wide analysis of Porphyridium purpureum showed that ~5% of the gene repertoire in this mesophile was derived from non-cyanobacterial prokaryotes, which is comparable to the number of cyanobacterium-derived EGTs in this genome (Bhattacharya et al., 2013).

A significant source of non-cyanobacterial genes in algal genomes is from the intracellular parasitic bacteria, Chlamydiae (Huang and Gogarten, 2007; Becker et al., 2008; Moustafa et al., 2008; Ball et al., 2013). Many Chlamydiae-derived genes encode proteins with putative plastid functions (Horn, 2008; Moustafa et al., 2008). The results of a recent study suggest that Chlamydiae may once have existed as symbionts in the Plantae ancestor and aided in the harnessing of the cyanobacterial primary endosymbiont (Ball et al., 2013; Baum, 2013). If this hypothesis is true, then many Chlamydiae-derived algal genes could also be considered as examples of EGT from a long-term (now absent) symbiont.

ENDOSYMBIOTIC GENE TRANSFER OF PLANTAE GENES INTO CHROMALVEOLATES

As described above, like primary endosymbiosis, secondary and tertiary endosymbiosis also led to large-scale gene transfer to the host nuclear genome via EGT (Figure 1; Lane and Archibald, 2008). This process allows the retention of genes critical for plastid functions because the nucleus of the endosymbiont (e.g., engulfed alga) either shrinks dramatically in size to a nucleomorph (i.e., 500–700 Kbp in cryptophytes; Douglas et al., 2001; Lane et al., 2007; Tanifuji et al., 2011; Moore et al., 2012) and 400 Kbp in Bigelowiella natans; Gilson et al., 2006) or is lost outright (Moore and Archibald, 2009; Keeling, 2010). Alga-derived EGT genes have been described in detail from a variety of photosynthetic taxa, including “chromists” (Frommolt et al., 2008), dinoflagellates (Chan et al., 2012b) and Bigelowiella natans (Archibald et al., 2003), as well as from ciliates that may once have contained a plastid (Reyes-Prieto et al., 2008).

Whole-genome sequences of photosynthetic chromalveolates and rhizarians provide a global picture of the footprints of algal endosymbiosis. For example, 171 genes with red or/and green algal provenance were identified in the genome of the diatoms Phaeodactylum tricornutum (Bowler et al., 2008) and Thalassiosira pseudonana (Armbrust et al., 2004). Using more comprehensive methods, thousands of green algal-derived genes were later found in the genomes of these diatoms, which outnumber the contribution from red algae. As described above, this was interpreted as potentially deriving from a cryptic green algal secondary endosymbiosis (added to by independent HGTs) in chromalveolates (Moustafa et al., 2009). Analysis of the genome from the brown, filamentous seaweed Ectocarpus siliculosus also revealed a substantial number of green algal-derived (>2000) and red algal-derived (~500) genes (Cock et al., 2010). More than 800 genes with a red algal or cyanobacterial provenance were identified in the genomes of the non-photosynthetic plant pathogens Phytophthora sojae and Phytophthora ramorum (Tyler et al., 2006), suggesting a photosynthetic past for these taxa [but see (Stiller et al., 2009)]. Recent analyses of complete genome data from the nucleomorph-containing taxa Guillardia theta (cryptophyte) and Bigelowiella natans (rhizarian), turned up 508 and 353 algal-derived genes, respectively, which account for 7 and 6% of all genes analyzed in these two taxa (Curtis et al., 2012).

From the perspective of algal endosymbiosis, analysis of Porphyridium purpureum complete genome data shows that ~40% of its genes are shared with at least one chromalveolate taxon (Bhattacharya et al., 2013). This passage of red algal genes into chromalveolates appears to be very broad in terms of gene function (Bhattacharya et al., 2013). Due to the possible mixotrophic lifestyle of photosynthetic lineages such as Bigelowiella natans (Moestrup and Sengco, 2001), the relationship between algal-derived EGT and prey-derived HGT is hard to disentangle. Regardless of the underlying mechanism, Plantae contribution to host genomes of secondary or tertiary endosymbiont-containing algae is significant. These numbers are expected to increase as more Plantae and chromalveolate complete genomes are analyzed.

RED ALGAE MEDIATE CYANOBACTERIAL GENE TRANSFER INTO CHROMALVEOLATES

Given the evidence for massive prokaryote-to-eukaryote gene transfer via primary endosymbiosis and eukaryote-to-eukaryote gene transfer via secondary and tertiary endosymbiosis, we hypothesize that primary plastid-containing algae (red or green algae) have played a central role as mediators of the spread of prokaryotic genes into eukaryotes. We used the phylogenomic results from the recently generated Porphyridium purpureum genome (Bhattacharya et al., 2013) to test this idea. Using a cutoff of ≥60% bootstrap support for Porphyridium purpureum-cyanobacterium gene monophyly (followed by manual inspection), we identified 295 cyanobacterium-derived (i.e., via EGT) genes in the red alga. Of these, 78% (230/295) were shared with chromalveolates (Figure 2A) and among these proteins, 74% (171/230) likely owe their origin to red algal secondary endosymbiosis. The latter value was determined by counting all cases of Porphyridium purpureum-chromalveolate monophyly, regardless of bootstrap value. When the bootstrap cutoff ≥60% was applied to Porphyridium purpureum-chromalveolate monophyly, the number was 45% (104/230). A typical example of this class is an ABC transporter that is shared exclusively by cyanobacteria, red/green algae, and chromalveolates (100% bootstrap value). Among this group, the red alga (including Porphyridium purpureum) sequences are monophyletic with chromalveolates (99% bootstrap value, Figure 2B). The remaining 59 cases of EGT shared with chromalveolates represent putative outcomes of a cryptic green algal endosymbiosis or have ambiguous evolutionary histories (Figures 2A, C, which is a tree of an acetyl ornithine aminotransferase). A total of 22% (65/295) of the 295 EGT-derived genes have no identifiable homologs in chromalveolates (e.g., a prenyltransferase gene tree shown in Figure 2D). Because much of EGT presumably took place early in Plantae evolution, similar results are obtained when the analysis is limited to ancient cases of EGT; i.e., genes are counted when shared by Porphyridium purpureum, glaucophytes, and/or green algae and land plants (Figure 2A).
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FIGURE 2. The fate of cyanobacterium derived EGTs in the red alga Porphyridium purpureum. (A) Proportion of Porphyridium purpureum genes shared with chromalveolates. The red color indicates red algal secondary endosymbiotic gene transfer (EGT) reflected by Porphyridium purpureum-chromalveolate monophyly. The number in the parenthesis indicates Porphyridium purpureum-chromalveolate monophyly with ≥ 60% bootstrap value (e.g., Figure 2B). The orange color indicates other scenarios of red/green algal EGT into chromalveolates (e.g., Figure 2C). The white color indicates red algal EGT that have no apparent homologs in chromalveolates (e.g., Figure 2D). Ancient EGTs refer to genes shared by red algae and glaucophytes or green alga/plants and excludes red algal-specific EGTs. (B) Maximum likelihood phylogeny of an ABC transporter. (C) Maximum likelihood phylogeny of an acetyl ornithine aminotransferase. (D) Maximum likelihood phylogeny of a prenyltransferase. All RAxML bootstrap values were determined using 100 replicates and only bootstrap values ≥50% are shown.



RED ALGAE MEDIATE NON-CYANOBACTERIAL GENE TRANSFER INTO CHROMALVEOLATES

We identified the instances of non-cyanobacterium-derived HGT in Porphyridium purpureum. This number (following manual inspection) was 430 genes at a bootstrap cutoff ≥60%. Of these, 53% (229/430) is shared with chromalveolates, of which 65% (149/229) is likely derived from red algal secondary endosymbiosis, reflecting Porphyridium purpureum-chromalveolate monophyly regardless of bootstrap support (Figure 3A). This proportion reduces to 40% (92/229) when the bootstrap cutoff ≥60% is applied to Porphyridium purpureum-chromalveolate monophyly (Figure 3A). One example is an ABC transporter phylogeny (Figure 3B) that includes only bacterial and algal sequences. In this tree, Porphyridium purpureum forms a monophyletic group with the brown alga E. siliculosus (98% bootstrap value) and is sister to a group of green algae and land plant sequences. The Bigelowiella natans sequence is nested within green algae, consistent with a secondary endosymbiotic origin of this gene (Figure 3B). The remaining 80 HGT-derived genes shared with chromalveolates represent either cryptic green algal endosymbiosis or ambiguous evolutionary histories (Figure 3A). An example is a transmembrane transport protein phylogeny that includes only bacterial and algal sequences. In this tree, green algae and land plants form a monophyletic group with chromalveolates (98% bootstrap value) with the exclusion of Porphyridium purpureum (Figure 3C). The remainder of non-cyanobacterial HGTs (47%, 201/430) is not shared with chromalveolates (e.g., serine acetyltransferase phylogeny, Figure 3D).
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FIGURE 3. Fate of non-cyanobacterium derived HGTs in the red alga Porphyridium purpureum. (A) The proportion of Porphyridium purpureum HGTs shared with chromalveolates. The red color indicates secondary EGT of HGT-derived genes in red algae based on Porphyridium purpureum- chromalveolate monophyly. The number in parenthesis indicates Porphyridium purpureum-chromalveolate monophyly with ≥ 60% bootstrap value (e.g., Figure 3B). The orange color indicates other scenarios of red/green algal HGTs into chromalveolates (e.g., Figure 3C). The white color indicates red algal HGTs that have no homologs in chromalveolates (e.g., Figure 3D). Ancient HGTs refer to genes shared by red algae and glaucophytes or green algae/plants, with exclusion of red algal-specific HGTs. (B) Maximum likelihood phylogeny of an ABC transporter. (C) Maximum likelihood phylogeny of a transmembrane transport protein. (D) Maximum likelihood phylogeny of a serine acetyltransferase. All RAxML bootstrap values were determined using 100 replicates and only bootstrap values ≥50% are shown.



Among the 430 cases of non-cyanobacterium HGTs in Porphyridium purpureum, 234 are shared with glaucophytes or green algae/land plants and likely represent ancient HGT events, consistent with the prevalence of ancient HGT in Plantae (Huang and Yue, 2013). This is comparable to the number of ancient EGTs (246, Figure 2A) derived from the cyanobacterial endosymbiont that are shared by the three Plantae lineages. Because independent HGTs are less likely to result in a large number of shared genes among taxa, the extensive shared footprint of ancient non-cyanobacterial HGT provides additional support for the monophyly of Plantae (Price et al., 2012; Spiegel, 2012). Finally, if we limit our analysis to the 234 cases of ancient HGT (Figure 3A), then the proportion of Porphyridium purpureum genes shared with chromalveolates increases to 75% (176/234; Figure 3A). This approaches the number (83%, 204/246) of ancient EGTs that we identified in our study. These results underline the significance of ancient non-cyanobacterial HGT in enriching red algal genomes and the subsequent movement of these genes via secondary endosymbiosis to chromalveolates.

CONCLUSION

Ancient red algae (e.g., the ancestor of taxa such as Porphyridium purpureum) appear to have mediated transfers of ~300 prokaryotic genes into chromalveolates. In addition to the expected transfer of cyanobacterium-derived genes via EGT, a comparable number of non-cyanobacterium-derived genes, particularly those acquired early in Plantae evolution, appear to have undergone inter-phylum gene transfer. This role of red algae as mediators of gene transfer (exemplified by Porphyridium purpureum) is applicable to endosymbionts of other secondary and tertiary endosymbiosis (e.g., green algae). These data suggest a previously under-appreciated source of reticulate gene ancestry among photosynthetic eukaryotes that has great implications for the origin of novel gene functions in algae and for inference of ancient phylogenetic relationships in the tree of life (Lane and Archibald, 2008; Chan et al., 2012a).
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Previously we have shown that ONIOM type (QM/MM) calculations can be used to simulate isotope edited FTIR difference spectra for neutral ubiquinone in the QA binding site in Rhodobacter sphaeroides photosynthetic reaction centers. Here we considerably extend upon this previous work by calculating isotope edited FTIR difference spectra for reaction centers with a variety of unlabeled and 18O labeled foreign quinones incorporated into the QA binding site. Isotope edited spectra were calculated for reaction centers with 2,3-dimethoxy-5,6-dimethyl-1,4-benzoquinone (MQ0), 2,3,5,6-tetramethyl-1, 4-benzoquinone (duroquinone, DQ), and 2,3-dimethyl-l,4-naphthoquinone (DMNQ) incorporated, and compared to corresponding experimental spectra. The calculated and experimental spectra agree well, further demonstrating the utility and applicability of our ONIOM approach for calculating the vibrational properties of pigments in protein binding sites. The normal modes that contribute to the bands in the calculated spectra, their composition, frequency, and intensity, and how these quantities are modified upon 18O labeling, are presented. This computed information leads to a new and more detailed understanding/interpretation of the experimental FTIR difference spectra. Hydrogen bonding to the carbonyl groups of the incorporated quinones is shown to be relatively weak. It is also shown that there is some asymmetry in hydrogen bonding, accounting for 10–13 cm−1 separation in the frequencies of the carbonyl vibrational modes of the incorporated quinones. The extent of asymmetry in H-bonding could only be established by considering the spectra for various types of quinones incorporated into the QA binding site. The quinones listed above are “tail-less.” Spectra were also calculated for reaction centers with corresponding “tail” containing quinones incorporated, and it is found that replacement of the quinone methyl group by a phytyl or prenyl chain does not alter ONIOM calculated spectra.

Keywords: ONIOM, FTIR, QA, quinone, reaction center, density functional theory (DFT) calculations

INTRODUCTION

Quinones play an important role in biological proton and electron transfer processes that occur in both respiration and photosynthesis (Trumpower, 1982). In type II photosynthetic reaction centers two quinone molecules act as terminal electron acceptors (Ke, 2001a,b). The two quinones are often termed QA and QB. In this manuscript we will refer to the quinone binding site as QA and QB, however. The quinones that occupy the QA and QB binding sites have very different functions. The QA quinone is an intermediary cofactor involved in transferring electrons from (bacterio) pheophytin to QB, while the QB quinone couples proton and electron transfer processes (Ke, 2001b,c,d).

In this manuscript we focus on the QA binding site. The quinone occupying the QA binding site is species dependent. In Rhodobacter (Rb.) sphaeroides purple bacterial reaction centers (PBRCs) a ubiquinone (UQ) molecule occupies the QA binding site. In PBRCs from Blastochloris viridis (Shopes and Wraight, 1985) and Chloroflexus aurantiacus (Hale et al., 1983) a menaquinone occupies the QA binding site. In photosystem II reaction centers from oxygen evolving organisms, a plastoquinone (PQ) molecule occupies the QA binding site. In photosystem I the secondary electron acceptor, termed A1, is a vitamin K1 (VK) molecule (also called phylloquinone). Menaquinone and VK are both naphthoquinone (NQ) moieties that differ only in the degree of saturation of the tail at C6.

Figure 1 shows the structure, numbering and abbreviations we will use for the various quinones discussed in this manuscript. MQ0 and DMNQ are UQ and VK analogues, respectively, in which the hydrocarbon tail has been replaced with a methyl group. DQ is a PQ analogue in which the hydrocarbon chain at C6 is replaced with a methyl group.
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FIGURE 1. Structure and numbering of ubiquinone (2,3-dimethoxy, 5-methyl,6-prenyl benzoquinone) (UQn), 2,3-dimethoxy, 5,6-methyl benzoquinone (MQ0), 2,3,5,6-methyl benzoquinone (duroquinone, DQ), 2,3-dimethyl, 1,4-naphthoquinone (DMNQ) and 2-methyl, 3-phytyl 1,4-naphthoquinone (VK). The numbering scheme employed here for the naphthoquinone structures is nonstandard, and was chosen to facilitate comparison between naphthoquinone and ubiquinone structures.



It has been suggested, at least for the UQ that occupies the QA site in PBRCs, that the role of the hydrocarbon chain at C6 is to anchor and orient the quinone head-group in a specific way (Warncke et al., 1994). Data is available that may argue against this proposal, however, (McComb et al., 1990; Srinivasan and Golbeck, 2009; Wraight and Gunner, 2009).

Comparison of the properties of PBRCs with MQ0 and UQn, or VK and DMNQ, incorporated into the QA binding site will allow one to assess how or if the hydrocarbon chain at C6 modifies the quinones functional properties. Similarly, comparison of the properties of PBRCs with MQ0 and DQ incorporated into the QA binding site will allow one to assess how or if the methoxy groups at C2 and C3 modifies the quinones functional properties. Calculated spectra for Rb. sphaeroides PBRCs with VK in the QA binding site can be compared to experimental spectra. These calculated spectra may also serve as a useful model for B. viridis PBRCs that naturally have VK incorporated into the QA binding site.

Fourier transform infrared (FTIR) difference spectroscopy (DS) is a sensitive molecular-level probe of pigment-protein interactions, and it is widely used to study both the neutral and reduced states of quinones in PBRCs (Breton and Nabedryk, 1996) and in photosystem II (Noguchi and Berthomieu, 2005). In this manuscript we focus on Q−A/QA FTIR DS. Many molecular species contribute to Q−A/QA FTIR DS, and in the past it has been difficult to identify which bands are associated specifically with UQ in the QA site. However, fully functional quinones can be incorporated into QA depleted PBRCs, and by collecting Q−A/QA FTIR DS using PBRCs with unlabeled and isotopically labeled quinones incorporated, so called isotope edited FTIR difference spectra can be constructed, and from these spectra it has proven possible to separate contributions of the quinones from those of the protein in Q−A/QA FTIR DS (Breton and Nabedryk, 1996). Previously, a variety of unlabeled and 18O labeled quinones have been incorporated into the QA binding site in PBRC's, and 18O isotope edited FTIR DS have been obtained (Breton et al., 1994a). The goal in this manuscript is the simulation of these experimental 18O isotope edited FTIR DS associated with the neutral state of the quinone in the QA binding site. Calculated IR spectra associated with the quinone anion state are considerably more complicated (Lamichhane and Hastings, 2013) and are currently being undertaken.

Although experimental Q−A/QA FTIR DS have been obtained using PBRCs with various unlabeled and isotope labeled quinones incorporated, virtually no computational work aimed at modeling the experimental FTIR DS have been undertaken. Calculations aimed at modeling the vibrational properties of quinones in the QA binding site must account for the protein environment. Quantum mechanical (QM) calculations of such a large molecular system (pigment plus protein environment) are unfeasible. To circumnavigate this problem methods have been developed that allow one to separate the molecular system into distinct layers that can be treated at different levels of theory. In one layer the chemical properties of the principle species of interest (the pigment) can be calculated using “high-level” QM methods. The surrounding protein environment is included in the calculation but it is treated using computationally less expensive molecular mechanics (MM) methods.

Recently, we have undertaken QM:MM calculations for UQ in the QA binding site using the ONIOM method (Vreven et al., 2006). ONIOM is an acronym for: our Own N-layered Integrated molecular Orbital + Molecular mechanics package. In these calculations we showed that we could simulate experimental isotope edited FTIR difference spectra obtained using PBRCs with neutral UQ in the QA binding site. Here we extend upon these previous studies by attempting to simulate experimental isotope edited FTIR difference spectra obtained using PBRCs with symmetric tail-less and corresponding tail containing quinones incorporated into the QA binding site. We show that the calculated spectra agree well with the experimental spectra, further supporting the notion that the ONIOM method is a useful approach for understanding complex FTIR difference spectra associated with pigments in protein binding sites. We are also able to assess to what extent the quinone hydrocarbon chain may influence the calculated spectra.

MATERIALS AND METHODS

STRUCTURAL MODEL USED IN CALCULATIONS

The molecular model used in ONIOM calculations was generated from the crystal structure of Rb. sphaeroides PBRCs at 2.2 Å resolution (Stowell et al., 1997) (PDB file 1AIJ). From the PDB file all atoms within 10 Å of either carbonyl oxygen atom of UQ were selected. This subset of atoms formed the basis of the QA binding site structural model. Hydrogen atoms (not included in the PDB file) were added to the model using the software Gaussview4, resulting in a final structural model consisting of 1024 atoms. Following the addition of hydrogen atoms the structural model was optimized (energy minimized) using ONIOM methods with all atoms associated with the protein backbone, and the non-heme iron atom, being held fixed. All atoms of the amino acid side chains and the incorporated quinone are unconstrained. For calculations of UQ/VK the hydrocarbon tail was modeled as a single prenyl/phytyl unit, respectively. Inclusion of further prenyl/phytyl units did not alter the calculated spectra (not shown).

The structural models for the different incorporated quinones are initially set up by simply replacing the molecular substituents of the originally incorporated UQ species. So, the C=O groups of the different quinones incorporated will initially have the same orientation and position to that found for UQ in the QA binding site. DMNQ and VK structures were constructed starting from the UQ structure, by replacing the methoxy groups with the NQ aromatic ring, without alteration of the quinone ring (Figure 2F). This orientation of the NQ ring (of DMNQ and VK) was chosen as previous docking calculations have suggested it is the most favorable (Hucke et al., 2002).
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FIGURE 2. Ball and stick representation of the calculated structure of (A) DMNQ, (B) VK, (C) MQ0 and (D) UQ1 in the QA binding site in PBRCs from Rb. sphaeroides. Structure shown is after geometry optimization using ONIOM methods. Possible H-bonds are shown (dotted). Hydrogen atoms, except the ones involved in H-bonding, have been omitted. Distances quoted are in Å. (E,F) Overlap of structures obtained from ONIOM calculations for (E) DMNQ and DQ and (F) DMNQ and UQ1. Overlap is based on using the (fixed) backbone atoms of HisM219 and AlaM260. The amino acid side chains are virtually unaltered in the structures shown.



CALCULATIONS

All calculations were undertaken using Gaussian 03 (Frisch et al., 2004) software. For calculation of UQ molecules in the gas phase, and for the QM part of ONIOM calculations, molecular geometry optimizations and harmonic vibrational frequency calculations were undertaken using hybrid DFT methods, employing the B3LYP functional and the 6–31+G(d) basis set. This choice of functional and basis set are appropriate for calculation of the vibrational properties of quinones (Wheeler, 2001; Bandaranayake et al., 2006). The MM part of the ONIOM calculation is undertaken using the AMBER force field (Case et al., 2005). Following ONIOM geometry optimization of the structural model, the optimized quinone molecule from the model is considered separately for vibrational frequency calculations.

NORMAL MODE ASSESSMENT

Assignment of calculated vibrational frequencies to molecular groups is based on a consideration of the calculated atomic displacements (in Cartesian coordinates) associated with the normal modes. These atomic displacements can be animated using software (GaussView4), and the molecular groups that most prominently contribute to the normal modes can be assessed visually [see Figure 2 in Bandaranayake et al. (2006)]. In addition, potential energy distributions (PEDs) of the normal modes are calculated using the freeware GAR2PED (Martin and Van Alsenoy, 1995). For the various quinones in the QA binding site we calculate both vibrational mode frequencies and intensities. With both the frequency and intensity information “stick spectra” can be constructed. These stick spectra are representative of IR absorption spectra, as described previously (Bandaranayake et al., 2006; Parameswaran et al., 2008; Lamichhane et al., 2010). The calculated stick spectra are convolved with a Gaussian function with half-width of 4 cm−1 to produce more realistic looking IR absorption spectra (Bandaranayake et al., 2006; Parameswaran et al., 2008; Lamichhane et al., 2010).

RESULTS

UQ STRUCTURE AND NUMBERING

Figure 1 shows the structure and numbering scheme used here for UQn, MQ0, DQ, DMNQ, and VK. NQ's generally have a different numbering scheme. We have applied the UQ numbering scheme to DMNQ and VK for the sake of easy comparison. Figure 2 shows a picture of (A) DMNQ, (B) VK, (C) MQ0, and (D) UQ1 in the QA binding site along with the two H-bonding amino acids. The structures shown are after geometry optimization using ONIOM methods. Possible hydrogen bonds (or ligand to the non-heme iron atom) are indicated by dotted lines.

To gain a better sense of the relative orientation of the different quinones in the QA binding site Figure 2 also shows the (E) DMNQ/DQ and (F) DMNQ/UQ structures from two ONIOM calculations overlapped. These overlapped structures are created by considering the (fixed) atoms of the protein backbone. Figures 2E,F indicates that the side chains of HisM219 and AlaM260 are unaltered when a different quinone is incorporated into the binding site.

Table 1 lists several bond lengths and bond angles derived from our ONIOM calculated optimized geometries of the various quinones in the QA binding site. For comparison, Table 1 also lists corresponding bond lengths and angles derived from our DFT calculated optimized geometries of the various quinones in the gas phase. Table 1 also list results obtained from previous QM/MM calculations (Sinnecker et al., 2006), and data taken from the 1AIJ crystal structure (Stowell et al., 1997).

Table 1. Comparison of bond lengths and angles derived from the ONIOM calculated (O) and gas phase calculated (GP) optimized geometry of neutral UQ1, MQ0, DQ, VK, and DMNQ.
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Table 1 list the three distances associated with the peptide or imidazole H-bond to the carbonyl oxygen atoms of the quinone (N-H, NH–O and N–O distances). These distances completely determine the N-H–O H-bond geometry. Associated angles are also listed in Table 1.

For UQ10 in the QA site the 1AIJ crystal structure (Stowell et al., 1997) indicates that the C1=O bond is marginally longer than the C4=O bond. (1.234 vs. 1.232 Å). In contrast, from ONIOM calculations of all the quinones listed in Table 1 the C1=O bond is shorter than the C4=O bond.

In gas phase calculations the C1=O and C4=O bond lengths are shorter than that found in ONIOM calculations (except the C1=O of DQ). This lengthening of the C=O bonds of the quinones in the QA binding site is related to hydrogen bonding and other electrostatic interactions of the pigment with the protein environment.

For UQ1 and MQ0 the C1=O bond is shorter than the C4=O bond in both ONIOM and gas phase calculations. In gas phase calculations this difference in C1=O and C4=O bond lengths of UQ1 and MQ0 must relate to the differing orientations of the C2 and C3 methoxy groups. The ONIOM calculated C2 and C3 methoxy group dihedral angles for UQ1 are −25.3 and 150.5° (Table 1). Similar angles are calculated for MQ0. The calculated dihedral angles for UQ1 in the gas phase, and the observed angles for UQ10 in the QA binding site (from the crystal structure) are within 32° of that calculated for UQ1 using ONIOM methods.

For UQ10 in the QA site the crystal structure indicates that the C2=C3 bond is shorter than the C5=C6 bond. (1.404 vs. 1.419 Å). In contrast, for all quinones except DQ, in both ONIOM and gas phase calculations the C2=C3 bond is longer than the C5=C6 bond. For VK and DMNQ the calculated C2=C3 and C5=C6 bond lengths are considerably different.

For UQ1 and VK the hydrocarbon chain attached at C6 makes a distinct “kink” after the first carbon atom (Figures 2B,D). The C-C-C bond angle is 112–115° for both quinones in both the ONIOM and gas phase calculations. The calculated angles are virtually the same as that found in the crystal structure. Given these similarities (between the ONIOM and gas phase calculations for both UQ1 and VK, as well as between calculation and experiment) the suggestion is that the protein environment does not constrain the orientation of the quinone ring relative to the C6 hydrocarbon chain.

Figure 3A shows ONIOM calculated 18O isotope edited difference spectra for neutral VK and DMNQ. Figure 3D shows corresponding DFT calculated spectra for VK and DMNQ in the gas phase. Experimental spectra are also shown (Figures 3B,C) for comparison. Positive/negative bands in the isotope edited spectra are due to the unlabeled/18O labeled quinone species, respectively. The ONIOM calculated spectra clearly better describe the experimental spectra. Calculations including the protein environment appear to be necessary in order to adequately simulate the experimental spectra.
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FIGURE 3. (A) ONIOM calculated 18O isotope edited DDS for neutral VK (dotted) and DMNQ (solid) in the QA binding site. Experimental spectra for VK (B) and DMNQ (C) are also shown, and were taken from Breton et al., (1994a), with permission. (D) DFT calculated 18O isotope edited DDS for neutral VK (dotted) and DMNQ (solid) are also shown. ONIOM/gas phase calculated spectra were scaled by 0.9718/0.9608, respectively.



In the DFT calculated 18O isotope edited spectrum for DMNQ/VK in the gas phase (Figure 3D) the antisymmetric vibration of both C=O groups gives rise to the band at ~1654 cm−1 (Figure 3D), which downshifts 30 cm−1 upon 18O labeling (Bandaranayake et al., 2006). The calculated isotope-edited gas phase spectrum is in excellent agreement with the experimental spectrum for DMNQ in solution (Breton et al., 1994a).

Figure 3 shows that except for a small frequency shift in some of the modes, the calculated spectra for DMNQ and VK are virtually the same. Replacement of the methyl group at C6 with an isoprene unit therefore, has no influence on the calculated spectra.

The normal modes (frequencies and intensities) that give rise to the various bands in the ONIOM calculated 18O isotope edited spectra of DMNQ and VK are listed in Table 2. The PEDs, which quantify to what extent various internal coordinates contribute to the normal modes, are also listed in Table 2. Results for DMNQ and VK are very similar. Below we will discuss calculated data obtained for DMNQ with the recognition that very similar results and conclusions also apply to VK.

Table 2. Normal mode frequencies (in cm−1), intensities (in km/mol) and PEDs (in %) calculated using ONIOM methods for unlabeled and 18O labeled neutral DMNQ, VK, DQ, MQ0, and UQ1.
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In the ONIOM calculated 18O isotope edited spectra for DMNQ the two bands at 1654 and 1644 cm−1 are due to C1=O and C4=O stretching vibrations, respectively (Table 2). These bands almost certainly correspond to the at 1653 and 1643 cm−1 bands in the experimental spectrum (Figure 3C). So our calculations predict that the 1653 and 1643 cm−1 bands in the experimental spectrum are due to C1=O and C4=O stretching vibrations, respectively. This is in fact the first direct evidence that the 1653 and 1643 cm−1 bands in the experimental spectrum are due to C1=O and C4=O stretching vibrations. A direct assignment has never been made because specific 13C1 and 13C4 isotopic labeled VK or DMNQ has never been incorporated into the QA binding site in PBRCs.

In contrast to the observation of two separate C=O modes in ONIOM calculations, in gas phase calculations the two C=O modes of DMNQ are anti-symmetrically coupled (Bandaranayake et al., 2006), giving rise to a single intense band at 1654 cm−1 (Figure 3D).

In ONIOM calculations it is found that upon 18O labeling the C1=O and C4=O modes of DMNQ downshift 23 and 19 cm−1, to 1631 and 1625 cm−1, respectively (Table 2). Upon 18O labeling the 1625 cm−1 mode is more than six times more intense than the 1631 cm−1 mode. The 1625 cm−1 mode in 18O labeled DMNQ is due mainly to the antisymmetric coupled vibration of both C=O groups. That is, two separate C=O modes of unlabeled DMNQ couple upon 18O labeling. This behavior is not predicted based upon consideration of the experimental spectra, where it is “assumed” that the two C=O modes remain separate upon 18O labeling (Breton et al., 1994b; Breton, 1997).

A C=C mode of the quinone ring of DMNQ is found at 1617 cm−1. This quinonic C=C mode downshifts 13 cm−1, to 1604 cm−1, upon 18O labeling, with little change in intensity. The 1604 cm−1 mode composition in 18O labeled DMNQ displays considerable mixing of the C=O and C=C modes (the C=O modes account for 39% of the PED). This behavior might be expected given that the C=O and C=C modes are closer in frequency upon 18O labeling.

A C=C mode of the aromatic ring of DMNQ occurs at 1591 cm−1. This aromatic C=C mode downshifts 5 cm−1 to 1586 cm−1 upon 18O labeling. The 1586 cm−1 mode in 18O labeled DMNQ displays some mixing with C=O modes (23%), and the intensity of the aromatic C=C mode nearly doubles upon 18O labeling. The calculated C=C normal modes and their interpretation in terms of internal coordinates, as well as the calculated 18O induced frequency shifts are similar to that suggested on the basis of the experimental spectra (Breton et al., 1994a).

Figure 4A shows ONIOM calculated 18O isotope edited IR difference spectra for neutral DQ in the QA binding site. Figure 4C shows the corresponding DFT calculated spectrum for DQ in the gas phase. The experimental spectrum is shown in Figure 4B. Again, the ONIOM calculated spectrum agrees well with the experimental spectrum while the calculated gas phase spectrum does not. The ONIOM calculated normal modes (frequencies and intensities) that give rise to the bands in the 18O isotope edited spectrum for DQ, as well as the PEDs, are listed in Table 2.
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FIGURE 4. (A) ONIOM calculated 18O isotope edited DDS for neutral DQ in the QA binding site. Experimental spectra are shown in (B), and were taken from Breton et al., (1994a) with permission. (C) DFT calculated 18O isotope edited DDS for neutral DQ. ONIOM and gas phase calculated spectra were scaled by 0.9718 and 0.9608, respectively.



In the ONIOM calculated 18O isotope edited spectrum for DQ the two bands at 1646 and 1632 cm−1 are due to C1=O and C4=O stretching vibrations, respectively (Table 2). Upon 18O labeling the C4=O and C1=O modes both downshift 33 cm−1 with little change in mode intensities (Table 2). This 33 cm−1 downshift is large compared to that calculated for DMNQ (19–23 cm−1). For DQ, the ONIOM calculated mode composition is virtually unchanged upon 18O labeling. This is also markedly different to that calculated for DMNQ. The normal modes that give rise to the isotope edited spectra of DQ and DMNQ in the gas phase are very similar, so replacing the methyl groups of DQ with the aromatic ring of DMNQ in the QA binding site leads to an alteration in the electronic structure of the quinone ring. This modification is not obvious given the similar orientation of DQ and DMNQ in the QA binding site (Figure 2E).

In the DFT calculated 18O isotope edited spectrum for DQ in the gas phase, the two C=O modes are strongly coupled, and give rise to the band at 1639 cm−1 in Figure 4C. The calculated gas phase spectrum is in line with the experimental FTIR spectrum for DQ in solution (Breton et al., 1994a).

From ONIOM calculations for DQ, C=C modes do not couple with the C=O modes. The C2=C3 and C5=C6 groups couple to produce in phase and out of phase vibrational modes. The in phase mode has negligible IR intensity. The out of phase C=C mode is calculated to be at 1620 cm−1. This C=C mode is virtually unaltered in frequency, intensity, and mode composition upon 18O labeling (Table 2).

Figure 5A shows ONIOM calculated 18O isotope edited IR spectra for neutral MQ0 (solid) and UQ1 (dotted) in the QA binding site. Figure 5D shows DFT calculated spectra for MQ0 and UQ1 in the gas phase. The experimental spectra for UQ1 and MQ0 are shown in Figures 5B,C, respectively. The normal modes (frequencies and intensities) that give rise to the various bands in the ONIOM calculated spectra, as well as the PEDs, are listed in Table 2. The data for UQ1 has been presented previously (Lamichhane and Hastings, 2011), and we show here that very similar spectra are calculated for both MQ0 and UQ1. Replacement of an isoprene unit at C6 with a methyl group does not greatly alter the calculated spectra.
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FIGURE 5. (A) ONIOM calculated 18O isotope edited DDS for neutral MQ0 (solid) and UQ1 (dotted) in the QA binding site. Experimental spectrum for (B) MQ0 and (C) UQ1 are also shown, and were taken from (Breton et al., 1994a) with permission. (D) DFT calculated 18O isotope edited DDS for neutral MQ0 (solid) and UQ1 (dotted). ONIOM and gas phase calculated spectra were scaled by 0.9718 and 0.9608, respectively.



In the ONIOM calculated 18O isotope edited spectra for neutral MQ0 the two bands at 1666 and 1627 cm−1 (Figure 5C) are due to C1=O and C4=O stretching vibrations, respectively (Table 2). Upon 18O labeling the C1=O and C4=O modes downshift 35 and 40 cm−1, respectively (Table 2). The mode intensities and composition are little altered by 18O labeling. The C=C mode of MQ0/UQ1 at 1601 cm−1 up-shifts 8/7 cm−1 upon 18O labeling (Table 2). An explanation for this 18O induced frequency upshift has been presented (Lamichhane and Hastings, 2011).

In the DFT calculated 18O isotope edited spectra for UQ1/MQ0 in the gas phase, the two C=O modes are well separated, and give rise to bands at ~1665 and ~1635 cm−1 (Figure 5D), which downshift 36 and 27 cm−1, respectively, upon 18O labeling, as described previously (Lamichhane et al., 2011).

DISCUSSION

Previously we have shown that ONIOM methods can be used to calculate isotope edited difference spectra for UQ1 in the QA binding site, and that these calculated spectra model very well the corresponding experimental spectra (Lamichhane and Hastings, 2011). Here we considerably extend these studies, and show that ONIOM calculated isotope edited spectra for different quinones in the QA binding site model very well the corresponding experimental spectra. We further show that the calculated spectra for quinones in the gas phase are totally inappropriate for modeling the vibrational properties of quinones in the QA binding site. This is also very likely to be the case for modeling the properties of any protein bound pigment.

Without normal mode vibrational frequency calculations interpretation of experimental spectra is limited, and here we clearly show that our computational methods lead to a greatly increased understanding of the normal modes that contribute to the bands in the experimental spectra.

In our ONIOM calculations for neutral UQ1 in the QA binding site we considered all amino acids included in the model only at the molecular mechanics level of computation. Previously, ONIOM calculations have been undertaken in order to model EPR data associated with the UQ anion in the QA binding site (Lin and O'Malley, 2008). In these calculations key amino acids, such as HisM219 and AlaM260, were considered at the higher quantum mechanical level of calculation. Taken together these results may indicate differences in the nature of H-bonding for the neutral and anion UQ species. Changes in H-bonding upon radical formation may be a mechanism for (de)stabilizing cofactors to fine-tune electron transfer processes in biological systems. Clearly it will be useful to undertake calculations similar to that presented here (modeling isotope edited FTIR difference spectra) for the UQ anion in the QA binding site, and such calculations are underway in our lab. Based on the above one could argue that the methods used here, with only the quinone treated at the QM level, will be inadequate to simulate the experimental spectra associated with quinone anions in the QA binding site. Or, for simulating the vibrational properties of quinone anions in the QA binding site it will be necessary to treat key amino acids at a quantum mechanical level. Again, calculations are underway in our lab to test this proposal.

For the neutral state of quinones occupying the QA binding site, calculations with the H-bonding amino acids treated at the MM level lead to calculated spectra that are in excellent agreement with experimental spectra (Figures 3–5). Clearly, treating H-bonding amino acids quantum mechanically will not lead to improved modeling of the experimental spectra. We have in fact undertaken calculations in which neutral UQ and the H-bonding amino acids are treated using QM, and we have found that the calculated spectra are very similar to that obtained when only neutral UQ is treated using QM (and the surrounding amino acids are treated using MM) (Zhao et al., J. Phys. Chem. B in press). Thus, it is very clear that, at least for the case of neutral quinones occupying the QA binding site, and as far as modeling isotope edited FTIR spectra is concerned, QM/MM calculations with only the quinone treated at the QM level need to be considered.

An experimental 18O isotope edited FTIR difference spectrum for UQ in the QA binding site is shown in Figure 5B. Three positive bands at 1660, 1629, and 1601 cm−1 are observed. By considering FTIR difference spectra obtained using PBRCs with unlabeled and specifically 13C1 and 13C4 labeled UQ occupying the QA binding site, it was concluded that the 1660 and 1601 cm−1 bands are due to the C1=O and C4=O vibrations of unlabeled neutral UQ, respectively. It was also concluded that the 1628 cm−1 band is due to a UQ C=C vibration (Breton et al., 1994c). Since the C4=O mode was so massively downshifted (from ~1660 cm−1 for UQ in solvent to 1601 cm−1 for UQ in the QA binding site) it was suggested that this group must be engaged in very strong hydrogen bonding, presumably with HisM219 (Figure 2) (Breton et al., 1994c). This conclusion is difficult to rationalize based on the crystal structural data and other experimental data [see Wraight and Gunner (2009) for a review]. Such a conclusion is also not supported by the data presented here. Specifically, the C1=O and C4=O modes of DMNQ and VK are found at 1653 and 1643 cm−1 (Table 2), respectively, compared to ~1662 cm−1 for the coupled C=O vibration in solution (Bandaranayake et al., 2006). Thus, the C1=O/C4= O mode of DMNQ or VK in the QA site is downshifted 9/19 cm−1, respectively, compared to that found in solution. Such shifts suggest that both C=O modes of DMNQ or VK are H-bonded in the QA site, albeit quite weakly.

From the experimental spectrum of VK (or DMNQ) in Figure 3B two positive bands are observed at 1651 and 1640 cm−1 and one negative band at 1620 cm−1. The two C=O modes of unlabeled VK give rise to the positive bands at 1651 and 1640 cm−1, but only a single band is observed at 1620 cm−1 upon 18O labeling. Two interpretations for these observations have been proposed (Breton et al., 1994b). One suggestion is that upon 18O labeling the 1640 cm−1 band downshifts to ~1620 cm−1, while the 1651 cm−1 band downshifts to near 1640 cm−1 and decreases in intensity. The negative band near 1640 cm−1 due to a C = 18O group of VK is then masked by the positive band (also at 1640 cm−1) due to the unlabeled C=O group. A second hypothesis is that the two C=O modes of unlabeled VK (at 1651 and 1640 cm−1) both downshift to ~1620 cm−1 upon 18O labeling. The different 18O induced shifts of the two C=O modes results from differential coupling to C=C modes.

The calculated data presented here allow us to address which of these interpretations could be appropriate, or if either is appropriate. The ONIOM calculations show that the C1=O and C4=O modes of unlabeled VK occur at 1652 and 1642 cm−1, and that neither of these modes are coupled to C=C modes (Table 2). Upon 18O labeling the C1=O/C4=O mode downshifts 24/18 cm−1, respectively. The modes of 18O labeled VK also display considerable coupling with C=C modes. Upon 18O labeling the C1=O/C4=O group couples with C=Cring in-phase/out-of-phase vibrations, respectively. Coupling of the C4=O group to the out of phase C=C vibration leads to a large intensity enhancement, while coupling of the C1=O group to the in-phase C=C vibration leads to a large intensity decrease (Table 2). So, the calculations indicate that two separate uncoupled C=O modes in unlabeled VK give rise to predominantly a single mixed mode (that carries most of the intensity) in 18O labeled VK. These calculated results indicate that neither of the two previously proposed interpretations of the experimental spectra is correct. Clearly, the calculations presented here allow a more detailed insight into the nature of the bands in the experimental isotope edited FTIR difference spectra.

Experimentally, the vibrational modes of DMNQ are at a slightly higher frequency (~3 cm−1) than corresponding modes of VK. Presumably replacing the C6 methyl group with a phytyl unit causes this difference. Interestingly, this small frequency difference in the modes of DMNQ and VK is also found in our ONIOM calculated spectra (compare spectra in Figures 5C,B). This result is not entirely specific to the ONIOM method, however, as a small shift is also found in the gas phase calculations (Figure 3D).

The C1=O and C4=O modes of DMNQ and VK are calculated to be separated by 10 cm−1. This separation cannot be due to differences in the molecular group attached at C6. It must be due to differences in how the two C=O groups interact with the protein. Similarly, the two C=O modes of DQ are calculated to be separated by 13 cm−1, and this separation is also likely due to differences in how the two C=O groups of DQ interact with the protein.

For UQ1 (and MQ0) the separation of the C=O modes is ~32 cm−1 (1660–1628). Some of the differences in frequency of the C=O modes of UQ are due to the different orientation of the methoxy groups. If we assume that protein interactions with the C=O groups gives rise to a 13 cm−1 separation in the frequencies of the two C=O modes then this would indicate that the difference in the orientation of the methoxy groups of UQ (or MQ0) gives rise to a frequency difference of 19 cm−1 for the two C=O groups. This result is in quite good agreement with results from experimental spectra of UQ in solution, which show that the two C=O modes are separated by ~16 cm−1 (Breton et al., 1994c; Brudler et al., 1994).

Normal mode vibrational frequencies are governed by molecular bonding force constants. These force constants relate to the electronic structure of the molecule. Since the calculated and experimental spectra for DMNQ and VK are virtually the same it is concluded that the replacing the phytyl unit at C6 of VK with a methyl group does not appreciably perturb the electronic structure of the NQ ring. In addition, the tail does not perturb the protein in a way that significantly modifies any pigment protein interactions.

In VK and UQ1, the “kink” in the hydrocarbon chain after the first carbon atom is 3.1–3.2° higher in ONIOM calculations compared to gas phase calculations. It seems therefore, that the hydrocarbon chain is somewhat constrained relative to the quinone ring when incorporated into the QA binding site. It is not clear if this is a significant constraint, however. The C1=O and C4=O bonds of MQ0 and UQ1 (and of DMNQ and VK) are virtually unaltered in ONIOM calculations (Table 1). The hydrogen bond lengths for the C=O groups are also little altered (Table 1). The distance of the C4=O oxygen to the non heme iron atom is 0.029/0.055 Å longer for UQ1/VK compared to MQ0/DMNQ, respectively, suggesting a very small change in orientation of the UQ1/VK head-group (since the iron atom is fixed) compared to MQ0/DMNQ in the QA binding site. The hydrocarbon chain may therefore, lead to a very slight change in the orientation of the quinone ring in the QA binding site. Figure 2F shows that there is only a very small difference in the orientation of DMNQ relative to UQ1.

The experimental 18O isotope edited spectra for MQ0 and UQ1 are quite different (compare Figures 5B,C). This difference cannot be modeled computationally (Figure 5A). The experimental isotope edited spectrum for MQ0 is considerably noisier than the spectrum for UQ (Breton et al., 1994a). As far as we are aware the Q−A/QA FTIR difference spectrum for RCs with MQ0 in the binding site have never been reproduced, so the accuracy of the spectrum may be somewhat questionable. On the other hand MQ0 may be able to incorporate into the QA binding site with the methoxy groups oriented in several different ways. As described previously, each of these methoxy group conformers will have slightly different spectra (Lamichhane et al., 2010). This heterogeneity in orientation of MQ0 in the QA binding site may be a factor that contributes to differences in the experimental spectra for MQ0 and UQ, as demonstrated in Figures 5B,C. In spite of this, there are some overall similarities in the MQ0 and UQ1 experimental spectra in Figures 5B,C. For the MQ0 spectrum positive bands are found at 1665, 1631, and 1608 cm−1. For UQ1 the bands are at 1660, 1628, and 1601 cm−1. For the MQ0 spectrum negative bands are found at 1616 and 1602 cm−1. For UQ the bands are at 1613 and 1586 cm−1.

The ONIOM calculated and experimental isotope edited spectra for VK are very similar, although the intensity ratios of the different bands do not appear to match well. For example, the intensity ratio of 1652 and 1644 cm−1 bands in the calculated spectrum (Figure 3A, dotted) is ~2.1, compared to a ratio of ~0.95 in the experimental spectrum. To investigate this further we have also calculated the 13C isotope edited spectrum for VK in the QA binding site (Figure 6A) (global 13C labeling of VK), and compared it to the corresponding experimental spectrum (Figure 6B). For completeness the calculated 13C isotope edited spectrum for VK in the gas phase is shown in Figure 6C. Again, it is evident that the calculated gas phase spectrum in no way resembles the experimental spectrum (compare Figures 6B,C). The normal modes (frequencies, intensities, and PEDs) that give rise to the various bands in the ONIOM calculated 13C isotope edited spectra of VK in Figure 6A are listed in Table 3.


[image: image]

FIGURE 6. (A) ONIOM calculated 13C isotope edited DDS for neutral VK in the QA binding site. Experimental spectrum is also shown (B), taken from (Breton, 1997) (with permission). (C) DFT calculated 13C isotope edited DDS for neutral VK in the gas phase. ONIOM and gas phase calculated spectra were scaled by 0.9718 and 0.9608, respectively.



Table 3. Normal mode frequencies (in cm−1), intensities (in km/mol) and PEDs (in %) calculated using ONIOM methods for unlabeled and 13C labeled neutral VK.
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Notice that the ONIOM calculation predicts that the two C=O modes remain completely separate (do not mix) upon 13C labeling (Table 3), which is unlike the behavior observed for the C=O modes upon 18O labeling (see above). Also notice that in the experimental isotope edited spectrum (Figure 6B) the 1640 cm−1 band is now considerably more intense than the 1651 cm−1 band, whereas in the calculated spectrum the higher frequency band is considerably more intense. The origin of these mode intensity differences are not entirely clear and are currently being investigated by considering calculations associated with VK in the presence of various types of H-bonding molecules.

CONCLUSIONS

We have shown that ONIOM type QM/MM calculations can be used to model experimental isotope edited FTIR difference spectra obtained using PBRCs that have had several different quinones incorporated into the QA binding site. The fact that the many different spectra can all be modeled is a clear indicator of the appropriateness of the approach.

The calculated spectra appear not to depend on whether the quinone incorporated has a prenyl/phytyl unit or a methyl group attached at C6. The electronic structure of the quinone ring is therefore, not sensitive to the presence or absence of a hydrocarbon side chain at C6. This suggests that the hydrocarbon side chain does not significantly constrain the quinone ring in the QA binding site.

Comparison of the calculated and experimental spectra, in combination with a consideration of the calculated PEDs of the normal modes, allows a direct assessment of the appropriateness of previous suggestions as to the origin of the bands in the experimental spectra.
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Ala, alanine; DS, difference spectra/spectrum spectroscopy or spectroscopic; C=O, carbonyl; DQ, duroquinone or 2,3,5,6-tetramethyl-1,4-benzoquinone; DFT, density functional theory; DMNQ, dimethyl naphthoquinone; ET, electron transfer; FTIR, Fourier Transform Infra-red; H-bond, hydrogen bond; His, histidine; MQ0, 2,3-dimethoxy-5,6-dimethyl-1,4-benzoquinone; MM, molecular mechanics; NQ, naphthoquinone; PQ, plastoquinone; PBRC, purple bacterial reaction center; PED, potential energy distribution; Rb., Rhodobacter; QM, quantum mechanics; UQn, ubiquinone-n; VK, vitamin K1 (phylloquinone).
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Thylakoid phosphorylation is predominantly mediated by the protein kinases STN7 and STN8. While STN7 primarily catalyzes LHCII phosphorylation, which enables LHCII to migrate from photosystem (PS) II to PSI, STN8 mainly phosphorylates PSII core proteins. The reversible phosphorylation of PSII core proteins is thought to regulate the PSII repair cycle and PSII supercomplex stability, and play a role in modulating the folding of thylakoid membranes. Earlier studies clearly demonstrated a considerable substrate overlap between the two STN kinases, raising the possibility of a balanced interdependence between them at either the protein or activity level. Here, we show that such an interdependence of the STN kinases on protein level does not seem to exist as neither knock-out nor overexpression of STN7 or STN8 affects accumulation of the other. STN7 and STN8 are both shown to be integral thylakoid proteins that form part of molecular supercomplexes, but exhibit different spatial distributions and are subject to different modes of regulation. Evidence is presented for the existence of a second redox-sensitive motif in STN7, which seems to be targeted by thioredoxin f. Effects of altered STN8 levels on PSII core phosphorylation, supercomplex formation, photosynthetic performance and thylakoid ultrastructure were analyzed in Arabidopsis thaliana using STN8-overexpressing plants (oeSTN8). In general, oeSTN8 plants were less sensitive to intense light and exhibited changes in thylakoid ultrastructure, with grana stacks containing more layers and reduced amounts of PSII supercomplexes. Hence, we conclude that STN8 acts in an amount-dependent manner similar to what was shown for STN7 in previous studies. However, the modes of regulation of the STN kinases appear to differ significantly.

Keywords: chloroplast, protein phosphorylation, PSII supercomplexes, redox, STN kinases, thylakoid ultrastructure

INTRODUCTION

In Arabidopsis thaliana, the thylakoid kinase STN8 is predominantly responsible for the quantitative phosphorylation of PSII core proteins (CP43, D1, D2, and PsbH), particularly under high light conditions (Bonardi et al., 2005; Vainonen et al., 2005; Tikkanen et al., 2010). However, inactivation of STN8 alone does not completely abolish PSII core protein phosphorylation: D1 and D2 phosphorylation falls to about 50–60 and 35% of the wild-type level respectively (Vainonen et al., 2005). Only the knock-out of both STN8 and the LHCII kinase STN7 leads to quantitative loss of thylakoid phosphorylation, as monitored by immunodetection (Bonardi et al., 2005; Tikkanen et al., 2008). However, based on MS analyses, Fristedt et al. (2009) were still able to detect residual light-independent D2 phosphorylation in stn7 stn8 double mutants, corresponding to less than 10% of the wild-type level. These results reveal a degree of overlap in substrate specificity between STN7 and STN8, although their main targets differ, and suggest that they might act in parallel rather than in series (Bonardi et al., 2005). By combining affinity chromatography with mass spectrometry, Reiland et al. (2011) have identified additional substrates of STN8, including the PGR5-like protein 1A (PGRL1A), which is essential for antimycin A (AA)-sensitive cyclic electron flow (CEF) around photosystem I (DalCorso et al., 2008). The differential phosphorylation of PGRL1A in stn8-1 mutant plants is thought to permit more rapid switching between CEF and linear electron flow (LEF) during dark-light transitions (Reiland et al., 2011). Nevertheless, the function of reversible PSII core phosphorylation, the quantitatively major task of STN8, remains ambiguous.

Initially, the phosphorylated version of photo-damaged D1 was shown to be resistant to proteolysis (Koivuniemi et al., 1995), with the respective PSII complexes being able to move laterally from grana to stroma lamellae for subsequent dephosphorylation, degradation and replacement of damaged D1 (Rintamäki et al., 1996). The emerging model suggested that the intensity of PSII core protein phosphorylation was correlated with the increase in damage to PSII reaction centers (D1) as light intensity rises, which would be compatible with an involvement of STN8 in D1 turnover during photoinhibition (Baena-Gonzalez et al., 1999). Making use of the STN kinase mutant collection in A. thaliana, a later study performed by Bonardi et al. (2005) indicated that STN8-mediated phosphorylation of D1 per se is not essential for D1 turnover and PSII repair, challenging the concept that phosphorylation plays a major role in the degradation of D1. Further investigations again provided evidence that lack of STN8 is associated with greater susceptibility to photoinhibition (Nath et al., 2007) and revealed that D1 degradation is delayed in stn8 and stn7 stn8 mutants exposed to less intense high-light conditions (Tikkanen et al., 2008). Tikkanen et al. (2008) attribute this difference between WT and the stn8 and stn7 stn8 mutants to disturbances in the disassembly of PSII supercomplexes, leading to less efficient exchange of damaged D1 between grana and stroma lamellae due to changes in its migration behavior. More recent studies by Fristedt et al. (2009) confirmed the observed delay in D1 degradation in stn8 and stn7 stn8 plants and proposed that the observed increase in the diameter and density of stacked thylakoid membranes (grana) in these lines reduces lateral diffusion of proteins, including photo-damaged D1 and the bulky FtsH complex. The latter is responsible for D1 degradation (Nixon et al., 2005; Adam et al., 2006) and was reported to be spatially separated from PSII in STN8-deficient mutants due to its relocation from the dense grana to the stroma lamellae and grana margins (Fristedt et al., 2009). Therefore, phosphorylation of PSII core proteins is currently assumed to modulate the macroscopic rearrangement of the thylakoid membrane network, as well as the formation of PSII supercomplexes, and to affect lateral movement of proteins within the membrane, thus exerting its effects on D1 turnover indirectly.

In the present study, the effect of increased PSII core phosphorylation in a line overexpressing STN8 (oeSTN8) was analyzed with respect to its impact on PSII supercomplex formation and modulation of thylakoid membrane structure. Furthermore, we analyzed the topology and localization of the STN kinases and show that neither knock-out nor overexpression of STN7 or STN8 affects the accumulation of the other. Finally, we show that STN8 protein levels in wild-type plants do not depend on ambient light conditions, and present evidence for a direct interaction of STN7 with thioredoxins, which is independent of its N-terminal cysteine motif.

MATERIALS AND METHODS

PLANT MATERIAL

The Arabidopsis thaliana L. (A. thaliana) ecotype Columbia-0, used in this study as wild type (WT), was obtained from NASC (Nottingham Arabidopsis Stock Center; accession number N1092). Previously described mutant lines employed in this study were stn7-1, stn8-1, stn7 stn8 (Bonardi et al., 2005), oeSTN7, STN7C→S:65 + 70 (Wunder et al., 2013), hcf136 (Meurer et al., 1998), psad1-1 psad2-1 (Ihnatowicz et al., 2004), atpd-1, and petc-1 (Maiwald et al., 2003).

GENERATION OF STN8 OVEREXPRESSOR LINES (OESTN8)

To generate oeSTN8 lines, the full-length CDS of STN8 was cloned into the plant vector pLeela, which is a derivative of pJawohl3-RNAi (GenBank Accession No. AF404854) containing a GATEWAY cassette introduced into the HpaI site, using the primers Stn8_attB1_ACC_f (GGGGACAAGTTTGTACAAAAAAGCAGGCTCTACCATGGCCTCTCTTCTCTCTC) and Stn8_attB2_Stop_r (GGGGACCACTTTGTACAAGAAAGCTGGGTTTCACTTGCTGAAACTGAGCTT). The STN8-pLeela construct containing a double Cauliflower Mosaic Virus (CMV) 35S promoter was introduced into the stn8-1 mutant background via the floral-dip method (Clough and Bent, 1998). Plants were selected based on their BASTA resistance, segregation analysis was performed, and independent lines carrying a single T-DNA insertion locus were identified. Lines overexpressing the STN8 kinase (oeSTN8) were identified by Western blot analysis employing an STN8-specific antibody.

GROWTH CONDITIONS AND LIGHT TREATMENTS

If not stated otherwise, plants to be analyzed were grown for 6 weeks under controlled conditions in a growth chamber on an 8 h/16 h day/night regime providing 100 μmol photons m−2s−1 during the light phase (standard lighting conditions). For experiments with the mutants hcf136, petc-1, psad1-1 psad2-1, and atpd-1, plants were grown on 1× MS medium including vitamins (Duchefa®) at 50 μmol photons m−2s−1. To study the effects of altered light conditions, plants were adapted to different light conditions specified as follows: 18h dark adaptation (D), adaptation to low light at 60–80 μmol photons m−2s−1 (LL) or high light at 800–1,200 μmol photons m−2s−1 (HL). The light source used for HL conditions was an Osram Powerstar HQIBT-D/400W lamp. Far-red light (FR) was emitted by LEDs at a wavelength of 740 nm and an intensity of 3.0 μmol photons m−2s−1. Adaptation to PSI and PSII light was performed essentially as described previously (Wagner et al., 2008). Briefly, 3-week-old plants were transferred from a climate chamber to either PSI- or PSII-specific light conditions. PSI light (15 μmol m−2s−1) was generated by clamping a medium red foil (Lee Filters, 027 Medium Red, transmittance 50% at 650 nm) over red fluorescent lamps (39 W) from Osram. PSII light (15 μmol m−2s−1) was generated by wrapping an orange foil (Lee Filters, 405 Orange, transmittance 50% at 560 nm) over white fluorescent lamps of the same type.

ISOLATION OF TOTAL PROTEINS

Total protein extracts were prepared from 6-week-old leaves according to Haldrup et al. (1999). About 0.1 g of leaf material was homogenized in 200 μl solubilization buffer (100 mM Tris pH 8.0, 50 mM EDTA pH 8.0, 0.25 M NaCl, 1 mM DTT, 0.7% SDS) and heated to 65°C for 10 min. Samples were centrifuged for 10 min at 10,000 g to remove insoluble debris and the protein concentration in the supernatant was determined with the amido black assay described by Schaffner and Weissmann (1973). The ubiquitously expressed actin protein was used as a loading control.

ISOLATION OF THYLAKOID MEMBRANES

Thylakoids were isolated by a modified procedure based on Bassi et al. (1995). Briefly, leaf material from A. thaliana plants was homogenized in ice-cold isolation buffer (0.4 M sorbitol, 0.1 M Tricine-KOH pH 7.8, 0.5% milk powder, 20 mM NaF), filtered through two layers of Miracloth (Calbiochem) and centrifuged at 1,500 g for 10 min at 4°C. The membrane pellet was resuspended in ice-cold resuspension buffer (20 mM HEPES-KOH pH 7.5, 10 mM EDTA, 20 mM NaF) followed by a centrifugation step at 10,000 g for 10 min at 4°C after 10 min of incubation on ice. Thylakoids were resuspended in TMK buffer (10 mM Tris-HCl pH 6.8, 10 mM MgCl2, 20 mM KCl, 20 mM NaF). The chlorophyll concentration was determined in aqueous 80% acetone according to Porra (2002).

IMMUNOBLOT ANALYSIS

If not stated otherwise, antibodies raised against specific epitopes of STN7 and STN8 were used for Western blot analysis in this study. The peptides CKKVKVGVRGAEEFG of STN8 and LQELREKEPRKKANAQ, located at the C-terminus of STN7, served as immunogens (BioGenes GmbH, Berlin, Germany). Immunoblot analyses with these antibodies, as well as phosphothreonine-specific antibodies (Cell Signaling Technology, Inc., Boston, USA) and polyclonal antibodies raised against actin (Dianova, Germany), RbcL, PsaC, PsaB, PsbO, PsaE, AtpB, Lhcb2, Lhca3 (all Agrisera, Sweden), were performed as previously described (Ihnatowicz et al., 2008).

PAGE ANALYSES

For Blue-native polyacrylamide gel electrophoresis (BN-PAGE), samples of freshly isolated thylakoids corresponding to 50 μg Chl were resuspended in solubilization buffer (750 mM ε-aminocaproic acid, 50 mM Bis-Tris pH 7.0, 5 mM EDTA pH 7.0, 50 mM NaCl) and solubilized for 60 min with 1.5% (w/v) digitonin or for 10 min with n-dodecyl-β-D-maltoside (β-DM) (Sigma) on ice (Pribil et al., 2010). Soluble was then separated from insoluble material by centrifugation (13,100 g, 4°C) for either 70 min (digitonin) or 10 min (β-DM). After supplementing with 5% Coomassie brilliant blue G-250 in 750 mM ε-aminocaproic acid, the solubilized material was fractionated by non-denaturing BN-PAGE (4–12% PA) at 4°C as outlined in Heinemeyer et al. (2004). For the second dimension separation, a single lane of the BN gel was incubated in 2× Laemmli buffer with 100 mM DTT for 30 min, then placed on top of a SDS gel and subjected to electrophoresis (two-dimensional (2D) BN/SDS-PAGE) (Schottkowski et al., 2009a,b). Standard 12% SDS-PAGE was performed according to Laemmli (1970) unless indicated otherwise. For non-reducing SDS-PAGE, reducing agents (like DTT) were omitted from the loading dye and samples were not boiled if not otherwise stated.

THYLAKOID FRACTIONATION AFTER STATE 1 AND 2 ADAPTATION

Plants were acclimated to either state 1 or state 2 light and thylakoid fractionation was performed as previously described (Shapiguzov et al., 2010). Briefly, isolated thylakoids at a concentration of 0.6 mg of chlorophyll/mL were solubilized with 1% digitonin for 5 min, followed by stepwise centrifugation of supernatants. Pellets collected after centrifugation at 10,000 g, 40,000 g and 150,000 g represent enriched grana, grana margins and stroma lamellae fractions, respectively. The samples were analyzed by SDS-PAGE and Western blotting.

SUCROSE-GRADIENT FRACTIONATION OF THYLAKOID PROTEIN COMPLEXES

To prepare sucrose gradients, 11-mL aliquots of 0.4 M sucrose, 20 mM Tricine-NaOH (pH 7.5), 0.06% β-DM were subjected to three successive freeze-thaw (4°C) cycles. The gradient was underlaid with a cushion of 1 mL of 60% (w/v) sucrose. Thylakoids, prepared from plants that had been exposed to low light were washed twice with 5 mM EDTA (pH 7.8) and diluted to a final chlorophyll concentration of 2 mg/mL. Solubilization with β-DM at a final concentration of 1% was performed on ice for 10 min and followed by centrifugation (16,000 g, 5 min, 4°C). The supernatant was loaded on sucrose gradients and centrifuged at 132,000 g for 21 h at 4°C in a swing-out rotor (Beckman SW 40). Gradients were divided into 16 fractions, which were electrophoresed on a 15% SDS-PA gel and analyzed on a Western blot.

CHLOROPLAST ISOLATION AND FRACTIONATION INTO STROMA AND THYLAKOIDS

Chloroplasts were isolated from A. thaliana leaves as described (Aronsson and Jarvis, 2002). To obtain thylakoid and stroma fractions, chloroplasts were ruptured by adding 10 volumes of lysis buffer (20 mM HEPES-KOH pH 7.5, 10 mM EDTA) and incubating on ice for 30 min. The supernatant and pellet collected after a 30-min centifugation at 42,000 g and 4°C were used as stroma and thylakoid fractions, respectively.

SALT WASHES OF THYLAKOID MEMBRANES

Salt washes of thylakoid membranes were basically performed according to Karnauchov et al. (1997). Freshly isolated thylakoids (chlorophyll concentration 0.5 mg/mL) were incubated for 30 min on ice in HS buffer (0.1 M sucrose, 10 mM HEPES-NaOH pH 8.0) or HS buffer containing 2 mM NaCl, 2 M NaBr, 2 M NaSCN, 0.1 M Na2CO3 or 0.1 M NaOH, respectively. After addition of two volumes of HS buffer, the samples were centrifuged at 13,100 g for 15 min at 4°C. Proteins in the pellet fraction were subsequently solubilized directly in Laemmli buffer, whereas the supernatant was first precipitated in 80% acetone.

CHLOROPHYLL FLUORESCENCE MEASUREMENTS DURING LIGHT INDUCTION AND PSII INACTIVATION INDUCED BY HIGH LIGHT

Steady-state photosynthetic parameters were measured under actinic red light of increasing light intensity (22, 37, 53, 95, 216, 513, 825, 1,287, and 1,952 μmol photons m−2s−1), using the Dual-PAM 100 system (Heinz Walz GmbH, Effeltrich, Germany) in the Dual PAM mode, according to the manufacturer's instructions and with standard settings. Plants were dark-adapted for 10 min prior to measurements and allowed to adapt for 5 min to each new light level. Five plants of each genotype were analyzed for each measurement using always the sixth true leaf of the respective plant. Photoinhibition of photosystem II (PSII) was induced over a period of 10 h with aid of the Imaging PAM System (Walz) by exposing leaves to blue light alternating every 2 min between HL (1,250 μmol photons m−2s−1) and LL (10 μmol photons m−2s−1). Maximum PSII quantum yield [Fv/Fm = (Fm − Fo)/Fm] was determined every 60 min after the LL phase and an additional 5-min dark adaptation.

REDOX TITRATION OF STN7 IN THYLAKOID MEMBRANES

Thylakoid proteins were isolated and equilibrated on ice for 3 h with various redox buffers (100 mM MOPS pH 7.0, 330 mM sorbitol) containing DTTred and DTTox in various molar ratios. Reactions were solubilized with 2% SDS and subsequently separated by non-reducing 15% SDS-PAGE. After transfer of proteins to PVDF membrane, reduced and oxidized forms of STN7 were detected by immunoblot analysis.

THIOREDOXIN (TRX) AFFINITY PURIFICATION

Affinity purification was basically performed as described by Motohashi et al. (2001). His-tagged recΔ TRX-f (-m) was expressed in E. coli and purified by Ni-NTA resin according to the Qiagen protocol for native protein purification (Expressionist, Qiagen), without eluting resin-bound proteins. An aliquot of isolated thylakoid membranes (=1 mg Chl) was solubilized with 1.5% digitonin in 50 mM Tris-HCl pH 8.0 for 60 min. After centrifugation at 16,100 g for 70 min, the supernatant was incubated with the TRX-coupled resin (~5 mg TRX/mL) for 60 min at RT. The column was washed three times with washing buffer (50 mM Tris-HCl pH 8.0, 200 mM NaCl, 0.2% digitonin) and proteins retained by thioredoxin were eluted by adding 10 mM DTT. Samples were analyzed on a Western blot, using STN7-specific antibodies.

MOBILITY SHIFT ASSAY OF TRX

For the TRX mobility shift assay, 10 μg of thylakoids were solubilized with 0.2% deoxycholic acid (DOC) and incubated with 25 μg of recombinant TRX-f (recΔ TRX-f) for 30 min in 100 mM MOPS (pH 7.0) and 330 mM sorbitol at RT. Untreated thylakoids (in 0.2% DOC buffer) served as a control. Subsequently, protein mixtures were subjected to non-reducing SDS-PAGE and immunoblotting.

ANALYSIS OF THYLAKOID MEMBRANE ULTRASTRUCTURE BY TRANSMISSION ELECTRON MICROSCOPY (TEM)

Plants were grown for 4 weeks in the climate chamber on a 12 h/12 h day/night regime. 1.5 h after the onset of the light phase the sixth rosette leaf was cut off and fixed for 1 h with 2.5% glutaraldehyde in fixation buffer (75 mM cacodylic acid, 2 mM MgCl2 pH 7.0). The material was washed with buffer, incubated for 2 h with 1% osmium tetroxide in fixation buffer, washed again with fixation buffer and finally with distilled water. Samples were dehydrated by sequential incubation in increasing acetone concentrations, embedded in resin and sectioned with a microtome after complete polymerisation. Micrographs of the sections were taken with an EM-912 electron microscope (Zeiss) equipped with an integrated OMEGA energy filter operated in the zero-loss mode.

RESULTS

STN7 AND STN8 ARE NOT LINKED BY A FEEDBACK LOOP

Previous studies had demonstrated a significant substrate overlap between the kinases STN7 and STN8 (Bonardi et al., 2005). To investigate whether alterations in STN7 levels affect STN8 accumulation and vice versa, A. thaliana mutant plants either lacking (stn7-1 and stn8-1) or overexpressing (oeSTN7 and oeSTN8) one of the kinases were analyzed. To this end, STN8 overexpressor lines (oeSTN8) were generated that express STN8 under the control of the 35S promoter in the stn8-1 mutant background. This resulted in an increase of 16-fold or more in STN8 protein levels relative to the WT (Figure 1A). The analysis of STN7 and STN8 proteins in oeSTN8 plants and the previously described mutant lines stn7-1, stn8-1 and oeSTN7 (Bonardi et al., 2005; Wunder et al., 2013) using epitope-specific STN antibodies (Figures 1B–D) revealed no significant alterations in the level of the genetically unperturbed kinase. Thus, fluctuations in the availability of one STN kinase do not lead to compensatory changes in the concentration of the other one.
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FIGURE 1. Non-interdependence of STN kinase accumulation. (A) WT (Col-0) thylakoid proteins corresponding to 10 μg (2.0×) and 5 μg (1.0×) of Chl and serial dilutions of oeSTN8 thylakoids were loaded to quantify the levels of STN8 protein in oeSTN8 plants. Proteins were subjected to SDS-PAGE and Western blot analysis using STN8- and Lhca3-specific antibodies. (B) STN7 accumulation in thylakoids of WT (Col-0), oeSTN8 and stn8-1 mutant plants. Thylakoid proteins, corresponding to 8 μg (100%), 4 μg (50%), and 2 μg (25%) of Chl, from each genotype were loaded on a SDS gel and probed using specific antibodies against STN7 and Lhca3 (as loading control). (C) Accumulation of STN8 in thylakoids of WT (Col-0) and oeSTN7. Thylakoids of WT corresponding to 5 μg of Chl and serial dilutions of oeSTN7 thylakoid proteins were separated by SDS-PAGE, and immunoblots were probed with antibodies specific for STN8 and Lhca3 (as loading control). (D) Thylakoids of WT (Col-0), stn8-1, stn7-1, oeSTN8, and oeSTN7 plants corresponding to 5 μg of Chl were analyzed by Western blotting with antibodies raised against an STN8-specific (left panel) or an STN7-specific (right panel) peptide fragment. Replicate SDS-gels were stained with Coomassie brilliant blue (CBB) and the section with the LHCII signal is shown as loading control.



THE STN KINASES ARE THYLAKOID INTEGRAL MEMBRANE PROTEINS WITH DISTINCT SPATIAL DISTRIBUTIONS THAT FORM PART OF LARGE PROTEIN COMPLEXES

Previous evidence for the localization of the STN8 kinase was based on in-vitro import studies with pea chloroplasts (Bonardi et al., 2005). However, localization studies of STN8 with specific antibodies have not been performed. For this purpose, WT A. thaliana chloroplasts were fractionated into soluble and membrane components and subjected to immunoblot analysis using antibodies raised against a defined STN8 epitope. STN8 was detected exclusively in the membrane fraction, ruling out the existence of a soluble variant of the protein (Figure 2A). The purity of the respective fractions was confirmed by the detection of stroma (RbcL) and thylakoid membrane (Lhcb2) marker proteins. To clarify whether the hydrophobic moieties of the STN kinases truly represent predicted transmembrane domains (TMDs) (Vainonen et al., 2005) or mediate extrinsic attachment to the thylakoid membrane only, WT thylakoids were treated with alkaline buffers or chaotropic agents. Both STN7 and STN8 behaved like the Rieske protein (PetC) (Figure 2B), which has been shown to possess a single hydrophobic domain and to associate with the thylakoid membrane predominantly via electrostatic interactions (Karnauchov et al., 1997). Therefore, we conclude that both STN kinases constitute integral membrane proteins as previously suggested (Vainonen et al., 2005; Lemeille et al., 2009).
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FIGURE 2. Sub-organellar localization of STN8 and membrane association of the STN kinases. (A) Arabidopsis WT chloroplasts were fractionated into soluble and membrane components and subsequently separated by SDS-PAGE. After Western transfer, STN8, RbcL (stroma marker) and Lhcb2 (thylakoid marker) were detected using specific antibodies. (B) Extraction of membrane-associated proteins with alkaline buffers or chaotropic salt solutions. Thylakoid membranes from WT plants were resuspended at 0.5 mg chlorophyll/mL in HS buffer containing either 2 M NaCl, 0.1 M NaBr, 2 M NaSCN, 0.1 M Na2CO3, 0.1 M NaOH, or no additive. After incubation on ice, samples were fractionated into soluble (S) and membrane-associated proteins (P) and immunolabeled with antibodies specific for STN7, STN8, AtpB (a representative peripheral membrane protein), PetC (a membrane protein with a single hydrophobic domain predominantly anchored by electrostatic interactions), or Lhcb2 (an integral membrane protein with three transmembrane helices).



To monitor possible changes in the sub-thylakoid localization of the STN kinases under either STN7/8-activating or -inhibiting light conditions, thylakoids from WT plants were isolated after exposure to PSI- or PSII-specific light, and fractionated via differential centrifugation after solubilization with 1.5% digitonin. While STN8 was enriched in the grana membranes (10K fraction), STN7 was predominantly located in the stroma lamellae (150K fraction) (Figure 3A). The distributions of STN7 and STN8 between the different membrane fractions were not affected by exposure to PSI- or PSII-favoring light conditions. These data indicate that the major fraction of STN8 resides within the grana stacks close to its assumed primary substrates - the subunits of PSII - irrespective of light conditions. The major proportion of STN7 was localized to the stroma lamellae, with only a minor fraction being found in the grana margins or grana stacks. The distribution of STN7 thus coincides with that of PetC, a subunit of the Cyt b6f complex known to interact physically with Stt7, the Chlamydomonas homolog of STN7 (Lemeille et al., 2009) (Figure 3A).
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FIGURE 3. Localization of the STN kinases within the thylakoid membrane. (A) Analysis of STN7 and STN8 localization by thylakoid membrane sub-fractionation. Thylakoids of PSII- or PSI-light adapted WT plants were fractionated into grana lamellae (10 K), grana margins (40 K) and stroma lamellae (150 K) by differential ultracentrifugation after digitonin solubilization. Proteins were separated by SDS-PAGE and analyzed by immunolabeling using antibodies against STN7, STN8, PsaF, PetC, PsbA, and AtpB. (B) Analysis of STN7 and STN8 distribution by 2D BN/SDS-PAGE. Thylakoid membranes of WT equivalent to 50 μg of Chl were solubilized with β-DM, subjected to 2D BN/SDS-PAGE and analyzed by Western blotting. STN7, STN8 and various subunits of the major photosynthetic complexes (AtpB, Lhcb2, PsaB, PetC, PetB, and PsbD) were detected with specific antibodies. Protein-Chl complexes are indicated by black arrowheads. The bands detected were identified as specific protein complexes in accordance with previously published profiles (Armbruster et al., 2013): PSI-NDH supercomplex (PSI-NDH), PSII supercomplexes (PSII super), PSI monomers and PSII dimers (PSI mon and PSII di), PSII monomers and dimeric Cyt b6/f (PSII mon and Cyt b6/f di), PSII monomers w/o CP43 (CP43-free PSII), multimeric (LHCII multi), trimeric (LHCII tri), and monomeric (LHCII mon) LHCII.



To further refine the localization of the STN kinases within the thylakoid membrane, their association with known thylakoid protein complexes was investigated. To this end, WT thylakoids were solubilized with 1.6% β-DM, separated on BN-PA gels and subsequently resolved via 2D-PAGE. Both STN7- and STN8-specific antibodies gave rise to signals covering the entire molecular weight range, from large supercomplexes down to the free protein fraction (Figure 3B), suggesting that they associate at least weakly with some of the major photosynthetic complexes.

Thylakoids were also fractionated by ultracentrifugation on a linear sucrose gradient after β-DM solubilization. Again, STN7 and STN8 were both identified in fractions containing high-molecular-weight (HMW) complexes (Figure S1A). These results agree with previous findings showing that Stt7 associates with a HMW complex (Lemeille et al., 2009), indicating that neither of the STN kinases normally occurs as a monomeric polypeptide, but remains in close association with HMW complexes.

The association of STN8 with HMW complexes was also probed by analyzing different mutant plants devoid of one of the major photosynthetic complexes, following analogous studies previously performed for STN7 (Wunder et al., 2013). Here, absence of PSII (in hcf136) also prevented STN8 accumulation, which is in agreement with their co-localization to grana lamellae (Figure S1B). Moreover, a strong decrease in STN8 levels was observed in plants lacking PSI (psad1-1 psad2-1), which is probably due to a significant concomitant reduction in PSII amounts rather than to the loss of PSI per se. Thus, the presence of PSII, the major constituent of thylakoid protein supercomplexes, seems to be a prerequisite for STN8 accumulation.

REDOX SENSITIVITY OF STN7

As recently demonstrated, STN7 activity is redox sensitive, and depends on an N-terminal cysteine motif (Wunder et al., 2013). To analyze possible redox-based effects on the tertiary structure of STN7, thylakoids of WT and STN7C→S:65 + 70 mutant plants devoid of the N-terminal redox-sensitive cysteine motif (Wunder et al., 2013) were incubated in a series of buffers containing reduced and oxidized DTT in different molar ratios, and then subjected to non-reducing SDS-PAGE. Interestingly, both wild-type STN7 and STN7C→S:65 + 70 monomers showed a clear size-shift in response to the redox treatment (Figure 4A), suggesting the occurrence of a redox-dependent conformational change in STN7 or the release of a possible redox-sensitive co-factor. This implies that the N-terminal CxxxxC motif is not the only redox-sensitive site in the STN7 protein. Under progressively more reducing conditions the amounts of STN7 detected increased significantly. This may indicate that under oxidizing conditions STN7 associates with various HMW aggregates/complexes, such that less STN7 enters the gel in the absence of reduced DTT. Also the STN7 epitope that is recognized by the peptide-specific antibody might be more accessible under reducing conditions.
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FIGURE 4. Redox sensitivity of STN7. (A) Redox titration of STN7 variants. Thylakoids of WT (Col-0) and STN7C→S:65 + 70 were equilibrated at various redox potentials using the DTTred/DTTox redox couple. After separation by non-reducing SDS-PAGE, STN7 was detected by immunoblotting. DTTred/DTTox ratios are indicated above each lane. Oxidized (ox) and reduced (red) forms of the STN7 monomer are indicated by black arrowheads. (B) STN7—TRX-f interaction assayed by thioredoxin affinity chromatography. His-tagged recombinant thioredoxins f and m, with one cysteine replaced by serine (recΔ TRX-f, -m), were bound to Ni-NTA and incubated with thylakoids solubilized with 1.5% digitonin corresponding to 2 mg of Chl. After several washes, the eluates from recΔ TRX-f and -m resins were subjected to Western blot analysis using STN7-specific antibodies. Solubilized WT (Col-0) thylakoids (input; corresponding to 10 μg of Chl), the flow through off the recΔ TRX-f resin (flow; equivalent to 10 μg Chl), washes 1–3 of the recΔ TRX-f resin and the eluate from a similarly treated Ni-NTA resin not coupled to recΔ TRX (mock elution) were loaded as controls. (C) TRX-f mobility shift assay. Thylakoid membranes (10 μg Chl) from WT (Col-0), STN7C→S:65 + 70 and stn7-1 mutants were solubilized with 0.2% DOC and incubated with either 25 μg of recΔ TRX-f or without additives. Proteins were separated by non-reducing SDS-PAGE and Western analysis was performed using STN7-specific antibodies.



STN7 activity, especially its inactivation under HL, is thought to be regulated via stromal thioredoxins such as TRX-f and -m (Rintamäki et al., 2000; Lemeille and Rochaix, 2010). So to search for a direct interaction between STN7 and TRX-f and/ or -m, recombinant TRX-f and TRX-m variants containing a single Cys-to-Ser exchange in their catalytic CGPC motifs (recΔ TRXs) were generated. Due to this single cysteine mutation in the conserved TRX motif, stable covalent bonds instead of a transient interaction are formed during the disulfide bridge interchange reaction with the substrate. In this way, potential targets of TRXs are trapped as stable dimeric intermediates. To confirm such covalent binding of STN7 to recΔ TRXs, WT thylakoids were solubilized with 1.5% (w/v) digitonin and incubated with either recΔ TRX-f or recΔ TRX-m immobilized on Ni-NTA resin. After several washing steps proteins interacting with recΔ TRX-f and -m were eluted with a DTT-containing buffer, and the presence of STN7 was determined via Western analysis. Although slightly shifted in size, STN7 could indeed be detected in the fraction eluted from the recΔ TRX-f resin, whereas no STN7 was detectable in the same fraction from the recΔ TRX-m column (Figure 4B). In addition, the notion that STN7 can covalently bind to recΔ TRX-f was supported by a significant decrease in amounts of STN7 in the flow-through in comparison to the input fraction (Figure 4B).

To further assess the possible interaction of STN7 with TRX-f, a TRX mobility-shift assay was performed. To this end, recΔ TRX-f was incubated with solubilized thylakoids from WT, stn7-1 and STN7C→S:65 + 70 plants (Figure 4C). Covalent binding of recΔ TRX-f to STN7 is expected to reduce the electrophoretic mobility of the STN7 signal due to the increased molecular weight of the resulting complex, but no STN7-TRX-f linkage product was detectable by Western analysis. However, the STN7 monomer disappeared almost completely upon addition of TRX-f (Figure 4C), suggesting a direct interaction between the two. Whether TRX-f treatment led to precipitation of STN7 or to formation of cross-linked, HMW aggregates in which the STN7 epitope is inaccessible to the antibody could not be definitively clarified. Interestingly, the STN7C→S:65 + 70 variant behaved like wild-type STN7 (Figure 4C), which supports the inference from the redox titration assay (Figure 4A) regarding the existence of a second redox-sensitive site within STN7.

STN8 PROTEIN LEVELS DO NOT RESPOND TO CHANGES IN LIGHT CONDITIONS

STN8 activity was previously shown to be regulated by changes in light quality and quantity (Bonardi et al., 2005; Tikkanen et al., 2010). In particular, FR and HL treatments led to a decrease and increase in PSII core protein phosphorylation respectively (Tikkanen et al., 2008, 2010). To investigate whether these changes are due to alterations in STN8 level or activity, WT plants were exposed for 2 h to LL after 18 h of darkness and subsequently transferred for 4 h to FR or HL (800 μmol photons m−2s−1), after which the amounts of STN8 present were determined. In contrast to STN7 (Wunder et al., 2013), STN8 levels did not change markedly upon these light-shift treatments, and showed no significant variations even after exposure to LL for up to 9 h (Figure 5). This stable expression profile suggests that STN8 is regulated at the level of specific activity rather than amount.
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FIGURE 5. STN8 protein accumulation upon exposure to D, LL, FR, and HL. WT plants were dark-adapted for 18 h, transferred to low light (LL; 80 μmol photons m−2s−1) for 2 h and then to FR or HL (HL; 800 μmol photons m−2s−1) for an additional 4 h. Leaf material was collected after each treatment and thylakoids were fractionated by SDS-PAGE and analyzed using antibodies specific for STN8 and Lhcb2 (loading control).



OVEREXPRESSION OF STN8 INCREASES PSII PROTEIN PHOSPHORYLATION AND DISASSEMBLY OF PSII SUPERCOMPLEXES UNDER HL CONDITIONS

To determine the effects of increased STN8 accumulation on thylakoid protein phosphorylation, WT, stn8-1, stn7 stn8 and oeSTN8 plants were dark-adapted for 18 h, then exposed for 2 h to LL (80 μmol photons m−2s−1) followed by either 4 h of HL (1,000 μmol photons m−2s−1) or 2 h of FR. The phosphorylation status of isolated thylakoids was then monitored by Western blot using phosphothreonine-specific antibodies (Figure 6A). In general, oeSTN8 plants exhibited a significant increase in PSII core protein phosphorylation under all investigated light conditions. While PSII phosphorylation in WT plants decreased in the dark compared to LL conditions, PSII phosphorylation levels in oeSTN8 lines remained high under both conditions. After FR treatment, residual PSII phosphorylation was detectable only in oeSTN8. The strongest increase in PSII core protein phosphorylation in oeSTN8 relative to WT was observed under HL, which is known to induce STN8 activity (Bonardi et al., 2005). Interestingly, pLHCII levels differed little between oeSTN8 and WT, suggesting that the excess STN8 present in oeSTN8 plants does not significantly affect the phosphorylation status of STN7-specific substrates under the light conditions examined (Figure 6A).
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FIGURE 6. Effects of altered STN8 levels on thylakoid phosphorylation and PSII supercomplex formation. (A) Thylakoid protein phosphorylation in WT (Col-0), oeSTN8, stn8-1, and stn7 stn8 plants dark-adapted for 18 h (D), subsequently transferred to LL (80 μmol photons m−2s−1) for 2 h and for additional 2 h to FR or 4 h to HL (1,000 μmol photons m−2s−1). After these light treatments, isolated thylakoids were analyzed by immunodetected using phosphothreonine (pThr) -specific antibodies (Cell Signaling). The positions of phosphorylated LHCII (pLHCII), CP43 (pCP43) and D1/2 (pD1/2) are indicated by black arrowheads. (B) Patterns of protein complexes solubilized from WT (Col-0), oeSTN8 and stn8-1 thylakoids and separated on BN-PA gels. Thylakoid membranes of WT, oeSTN8 and stn8-1 plants exposed to either LL (80 μmol photons m−2s−1) or HL (1,200 μmol photons m−2s−1) for 2 h, or kept in the dark for 18 h, were solubilized with 1.5% digitonin (left panel) or 1.5% β-DM (right panel) and separated by BN-PAGE. Protein-Chl complexes are indicated by black arrowheads. The bands detected were identified as specific protein complexes in accordance with previously published profiles (Armbruster et al., 2013): PSI-LHCI-pLHCII supercomplex (PSI-LHCI-pLHCII), PSI-LHCI supercomplex (PSI-LHCI), PSI-NDH supercomplex (PSI-NDH), PSII supercomplexes (PSII super), PSI monomers and PSII dimers (PSI mon and PSII di), PSII monomers and dimeric Cyt b6f (PSII mon and Cyt b6f di), PSII monomers w/o CP43 (CP43-free PSII), multimeric (LHCII multi), trimeric (LHCII tri) and monomeric (LHCII mon) LHCII. (C) BN-PAGE lanes bearing HL-treated samples corresponding to those shown in the right panel of (B) were subjected to SDS-PAGE in the second dimension and probed with D1-specific antibodies.



Under HL conditions, thylakoid phosphorylation - in particular phosphorylation of the PSII core proteins - has been shown to promote the disassembly of PSII supercomplexes (Tikkanen et al., 2008). To examine effects of increased PSII protein phosphorylation on PSII supercomplexes, BN-PAGE analyses were performed on thylakoids after exposure of oeSTN8 plants to 18 h D and 2 h LL (80 μmol photons m−2s−1) or 2 h HL (1,200 μmol photons m−2s−1). Solubilization of thylakoid samples from HL-treated plants with 1.5% digitonin prior to BN-PAGE revealed no significant differences between WT and stn8-1, while a slight decrease in the amount of PSII supercomplexes was noted in oeSTN8 (Figure 6B, left panel). Similar, but more pronounced, effects on PSII supercomplex accumulation were observed when thylakoids were solubilized with 1.5% β-DM. Here, WT plants exposed to HL once again contained more PSII supercomplexes than oeSTN8 and fewer than stn8-1 (Figure 6B, right panel), which is in accordance with earlier reports (Tikkanen et al., 2008).

2D-PAGE analysis was performed on HL-treated samples to assess the distribution of the PSII core proteins between PSII supercomplexes, dimers and monomers. Greater accumulation of D1 in PSII supercomplexes was observed in stn8-1 compared to WT, whereas the opposite was the case for oeSTN8 (Figure 6C). In oeSTN8 a clear shift in the ratio of PSII supercomplexes to PSII dimers and monomers in favor of the latter two was observed in comparison to the situation in WT and the stn8-1 mutant. This suggests that disassembly of PSII supercomplexes is indeed enhanced by an increase in PSII core protein phosphorylation, as previously described (Tikkanen et al., 2008).

INCREASED STN8 LEVELS REDUCE SUSCEPTIBILITY TO PSII PHOTOINHIBITION AND LEAD TO A MODERATE RISE IN THE OXIDATION STATE OF THE PQ POOL

In previous studies, a decrease in the turnover of damaged D1 was observed in leaves of stn7 stn8 and stn8-1 plants exposed to high light. This was attributed to the lack of PSII core protein phosphorylation, which is a prerequisite for the disassembly of PSII supercomplexes and the migration of damaged PSII complexes from grana to stroma lamellae (Tikkanen et al., 2008; Fristedt et al., 2009). Accordingly, a reduction in PSII phosphorylation is expected to increase sensitivity to photoinhibition during HL treatment, which translates into lower Fv/Fm values relative to WT. To address the question whether increased PSII phosphorylation levels affect susceptibility to photoinhibition, WT, stn8-1 and oeSTN8 plants were exposed to fluctuating light intensities by switching from LL (10 μmol photons m−2s−1) to HL (1,250 μmol photons m−2s−1) and back every 3 min. While stn8-1 and WT plants did not differ significantly in their Fv/Fm values, as previously shown (Bonardi et al., 2005), Fv/Fm values in oeSTN8 plants were slightly higher than in WT (Figure 7A). This can be explained if one assumes that light fluctuations enhance the positive effect of elevated STN8 levels at the onset of HL by allowing a more rapid response to sudden light stress. Overall, enhanced disassembly of PSII supercomplexes under HL conditions, as in the case of oeSTN8 (Figure 6), seems to have only a moderate effect on PSII repair.
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FIGURE 7. Kinetics of Chl a fluorescence and time-course of PSII photoinhibition in WT, stn8-1 and oeSTN8 plants. (A) WT, stn8-1 and oeSTN8 plants were exposed to fluctuating (blue) light intensities for 10 h by switching from HL (1,250 μmol photons m−2s−1) to LL (10 μmol photons m−2s−1) and back every 3 min. The maximum quantum yield of PSII (Fv/Fm) was measured every 60 min after the LL phase and additional 5 min dark adaptation. HL exposure and PAM measurements were performed using an Imaging PAM system (Heinz Walz GmbH). (B,C) Time-course of the effective quantum yield of PSII (ΦII) (B) and excitation pressure of PSII (1-qL) (C) of plants pre-incubated for 10 min in the dark and exposed to actinic red light (22 μmol photons m−2s−1) for 6 min. (D–F) Dependence of Chl a fluorescence on light intensity. The effective quantum yield of PSII (ΦII) (D), the excitation pressure of PSII (1-qL) (E) and non-photochemical quenching of chlorophyll fluorescence (NPQ) (F) were monitored as red light intensity was increased stepwise at 5-min intervals (22, 37, 53, 95, 216, 513, 825, 1,287, and 1,952 μmol photons m−2s−1) after 10 min of dark adaptation. PAR, photosynthetically active radiation (μmol photons m−2s−1); circles with gray filling, WT; squares with black filling, oeSTN8; triangles; stn8-1; diamonds, stn7 stn8. (A–F) Plants were grown under an 8 h/16 h day/night regime at 100 μmol photons m−2s−1 prior to measurements. Average values (±SD) of at least five individual plants are shown.



To explore general effects of altered PSII core phosphorylation on photosynthesis, Chl a fluorescence and absorption parameters were recorded for WT, oeSTN8, stn8-1 and stn7 stn8 plants during dark-light transitions (Figures 7B,C). When dark-adapted plants were exposed to LL (22 μmol photons m−2s−1) for 6 min, no significant differences in the effective quantum yield of PSII (ΦII) were detected between WT and stn8-1, while in oeSTN8 plants the ΦII was initially higher and gradually converged to WT levels during the course of the measurement (Figure 7B). 1-qL, a measure of the excitation pressure of PSII, was somewhat lower in oeSTN8 compared to WT and stn8-1, which suggests a slightly more oxidized PQ pool (Figure 7C). As expected, the stn7 stn8 mutant showed higher 1-qL and lower ΦII values than the WT. Due to the slightly increased resistance of oeSTN8 plants to photoinhibition (Figure 7A), a degree of alteration in photosynthetic performance could be expected even under short-term exposure to high light. However, upon stepwise increase in light intensity (in 5-min steps), ΦII and 1-qL measurements revealed no significant differences between oeSTN8 and WT plants (Figures 7D–F). Non-photochemical quenching (NPQ) alone showed a slight increase in oeSTN8 under strong light intensities, as in the case of stn7 stn8 (Figure 7F).

To assess the performance of PSI in oeSTN8, the photochemical quantum yield of PSI (ΦI) and the quantum yield of non-photochemical energy dissipation in PSI due to donor (ΦND) or acceptor side limitation (ΦNA) were determined in WT, oeSTN8, stn8-1 and stn7 stn8 plants by performing a light curve with increasing light intensities (Figure S2). All PSI values determined for all mutant lines, except stn7 stn8, lay within the standard deviation of the WT. Only at weaker light intensities up to 216 μmol photons m−2s−1 did oeSTN8 show a slight tendency to higher (and stn8-1 to lower) ΦI values compared to WT (Figure S2).

INCREASED STN8 ACTIVITY RESULTS IN HIGHER GRANA STACKS

PSII phosphorylation, primarily mediated by STN8, has been proposed to alter the macroscopic folding of the thylakoid membrane (Fristedt et al., 2009). Specifically, a reduction in thylakoid protein phosphorylation, as in stn8-1, is associated with an increase in grana diameter (Fristedt et al., 2009). This effect was even more pronounced in the stn7 stn8 double mutant (Fristedt et al., 2009; Herbstova et al., 2012; Armbruster et al., 2013), which in addition has fewer membrane layers per granum and therefore shows a reduction in grana height (Armbruster et al., 2013). To determine the effects of enhanced STN8-mediated phosphorylation on thylakoid ultrastructure, WT, oeSTN8 and stn8-1 plants were adapted to LL for 1.5 h after 12 h of darkness, and the chloroplasts in thin sections of leaves were analyzed by transmission electron microscopy (Figures 8A–C). While grana stacks of WT exhibited an average ratio of diameter to height of 0.47/0.11 (±0.01/0.01) μm, the corresponding value for stn8-1 grana was 0.58/0.06 (±0.02/0.00) μm (Figure 8D). These observations confirmed the significant tendency toward an increase in grana diameter in stn8-1 (Fristedt et al., 2009), and the detected decrease in grana height is in good agreement with the measurements by Armbruster et al. (2013), giving a diameter/height ratio for stn8-1 that lies between those for WT and stn7 stn8 double mutant plants. oeSTN8 on the other hand showed an average grana diameter/height ratio of 0.54/0.15 (±0.01/0.01) μm (Figure 8D). The moderate but significant increase in grana height compared to WT is in accordance with that seen in other mutant lines (i.e., tap38) showing enhanced thylakoid phosphorylation (Armbruster et al., 2013). However, this increase in grana height does not seem to be compensated by a decrease in grana diameter. All differences in grana diameter and height between the lines are significant at p-values of <0.05. Whether the observed changes in thylakoid ultrastructure associated with increased levels of STN8 result from (i) enhanced PSII phosphorylation, (ii) the concomitant alterations in PSII supercomplex composition or (iii) possible changes in the phosphorylation state of the CURT1 proteins, which were recently shown to mediate grana formation by inducing membrane curvature (Armbruster et al., 2013), remains to be elucidated.
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FIGURE 8. Altered STN8 levels affect thylakoid ultrastructure. (A–C) True leaves of 4-week-old WT (Col-0), stn8-1 and oeSTN8 plants grown at 100 μmol photons m−2s−1 at a 12/12 h night/day cycle were fixed 2 h after the onset of light and analyzed by transmission electron microscopy (TEM). Representative cross-sections of chloroplasts are shown for WT (A), stn8-1 (B) and oeSTN8 (C), respectively. Bars represent 500 nm. (D) Scatter plot of the average grana diameter and height values (n = 30) in the genotypes shown in (A–C). Bars represent the respective standard errors of the mean (SEM).



DISCUSSION

STN KINASES: SIMILAR BIOCHEMICAL FEATURES BUT NO FUNCTIONAL INTERDEPENDENCE

When STL1, the STN8 homolog in Chlamydomonas reinhardtii, was shown to be phosphorylated in an Stt7-dependent manner (Lemeille et al., 2010), the idea was proposed that STN7 and STN8 might also form part of a kinase cascade (Lemeille and Rochaix, 2010). It was later shown that the phosphorylation status of STN7 is not affected in the stn8-1 mutant, indicating that STN7 is not phosphorylated by STN8 (Reiland et al., 2011). Therefore, it remains unclear whether STN7 and STN8 interact functionally, either directly or indirectly. It is however accepted that there is some substrate overlap between the two (Bonardi et al., 2005; Tikkanen et al., 2008, 2010), and this also applies to the corresponding protein phosphatases, with TAP38/PPH1 potentially targeting STN8 substrates (Vainonen et al., 2008; Pribil et al., 2010) and overexpression of PBCP - the PSII core protein phosphatase - affecting state transitions (Samol et al., 2012). Here, we show that, despite this complex interplay of these two protein kinase/phosphatase couples, knockout or overexpression of one STN kinase does not significantly affect the activity or steady-state level of the other (Figure 1). Therefore, the overlap in substrate specificity of STN7 and STN8 is not reflected in a reciprocal response to changes in the level of either protein.

While the topology of Stt7 has been clarified experimentally (Lemeille et al., 2009), the assumption that STN8 is a single-pass transmembrane thylakoid protein with its kinase domain facing the stroma has been based solely on sequence predictions and the inference that PSII proteins are phosphorylated exclusively on their stromal moieties (Vainonen et al., 2005). However, the predictions of the putative transmembrane domain (TM) are not clear-cut, with some algorithms for TM prediction (i.e., TMHMM and SOSUI) suggesting that STN8 is a soluble protein. We have now confirmed that STN8 is an intrinsic thylakoid membrane protein, very similar in character to STN7 (Figure 2).

Furthermore, this study has also addressed the question whether STN7 and STN8 exist as monomeric enzymes or are associated with HMW complexes, as previously shown for Stt7 under state 1 and state 2 conditions (Lemeille et al., 2009). In 2D BN-/SDS-PAGE analyses we show that both STN kinases were associated with HMW complexes, and their presence in multiple assembly states of high molecular weight was further supported by data from sucrose-density-gradient centrifugations (Figures 3, S1). Interestingly, alterations in light quality had no significant effects on the localization of the STN kinases within the thylakoid membrane (Figure 3A). Thus, there is now comprehensive evidence that both STN7 and STN8 operate in close association with the major photosynthetic complexes. A lack of STN8 accumulation in plants devoid of PSII complexes (Figure S1) might further reflect the necessity for a close spatial relationship between STN8 and PSII core proteins, its most likely substrates. In line with these findings, STN8 was mainly detected in grana stacks or grana margins, the thylakoid fractions in which PSII accumulates (Figure 3A). These observations suggest that phosphorylation of PSII subunits by STN8 occurs directly. However, a kinase cascade residing in close proximity to the PSII complex cannot be ruled out. The latter scenario would explain results obtained by Hou et al. (2003), who showed that washing thylakoids with 2 M NaBr led to loss of the capacity for PSII core protein phosphorylation, whereas we showed here that most of the STN8 protein remained bound to the membrane after similar treatments (Figure 2B). Therefore, it is tempting to speculate that, instead of affecting the presence or activity of STN8, washing with NaBr removes downstream components that are part of a putative PSII core phosphorylation cascade.

THE STN KINASES EXHIBIT DISTINCTLY DIFFERENT REGULATORY FEATURES

It is generally accepted that STN7 activity can be inhibited via the stromal ferredoxin-thioredoxin pathway, but the precise site of inactivation remains a matter of speculation. Two main scenarios have been considered: (i) thioredoxins directly target the stroma-exposed cysteines Cys 187 and Cys 191, which reside within the ATP binding pocket (Puthiyaveetil, 2011) and (ii) the redox signal is transferred to the lumen via the putative CcdA/Hcf164 pathway targeting the lumenal cysteines Cys 65 and Cys 70 (Lemeille and Rochaix, 2010). Here, we have presented experimental evidence for a direct physical interaction between STN7 and recombinant thioredoxin-f (recΔ TRX-f), which is not affected by replacement of the luminal STN7 cysteines Cys 65 and Cys 70 (Figures 4B,C). This observation supports the idea that STN7 is targeted by thioredoxins at its stromal CxxxC motif, which presumably interferes with the binding of ATP to the ATP binding pocket, especially under HL conditions, and thereby leads to the inactivation of STN7. The lack of this stromal cysteine motif in Stt7 and the fact that no thioredoxin-dependent inhibition of Stt7 has been found in C. reinhardtii (Puthiyaveetil, 2011) both argue in favor of this scenario. Further evidence for disulfide bridge formation in STN7, involving cysteines other than the known N-terminally located ones, was provided by redox titration experiments, which showed that STN7 reduction results in a shift in its migration behavior even in the absence of the N-terminal cysteine motif (Figure 4A). This suggests the presence of a second redox-sensitive motif besides the confirmed N-terminally located one, which could be regulated by thioredoxins. The observation that the electrophoretic mobility of STN7 is increased under reducing conditions is rather unusual for the opening of a disulfide bridge and might therefore be attributable to the release of an as yet unknown STN7-bound cofactor.

At least one of two conserved cysteine motifs, both of which are absent in STN8, is thought to be involved in thioredoxin-mediated down-regulation of Stt7/STN7 activity and protein levels under HL conditions (Rintamäki et al., 2000; Lemeille et al., 2009; Puthiyaveetil, 2011; Wunder et al., 2013). Thus, in contrast to STN7, STN8 activity is retained or even increased under these lighting conditions (Bonardi et al., 2005; Tikkanen et al., 2008).

As STN8 has none of the cysteine motifs that are commonly subject to redox-dependent regulation (Depège et al., 2003), it seemed possible that STN8 activity might be controlled on the level of protein amounts. However, in contrast to STN7, levels of the STN8 protein remained surprisingly stable both under activity-promoting and inactivating light conditions (Figure 5), suggesting that an activity-modulating mechanism must act on STN8. As such, reversible phosphorylation of STN8 could represent an essential mode of regulation. The phosphorylation of STL1, the STN8 homolog in C. reinhardtii, in a Stt7-dependent manner (Lemeille et al., 2010) argues in favor of this scenario.

PHYSIOLOGICAL EFFECTS OF VARYING STN8 PROTEIN LEVELS

Elevated STN8 levels resulted in an overall increase in CP43, D1 and D2 phosphorylation under all light conditions tested (Figure 6A). Only FR conditions, which cause a strong oxidation of the PQ pool, led to a substantial decrease in PSII phosphorylation even in the presence of increased amounts of STN8, supporting the notion that redox-responsive mechanisms act (presumably indirectly; see above) on STN8 activity. This PSI light-dependent dephosphorylation of PSII core proteins was proposed to be relevant for the formation of PSII supercomplexes, the photosynthetically most efficient conformation of PSII (Tikkanen et al., 2008; Tikkanen and Aro, 2012). In contrast, under HL conditions, LHCII is preferentially released from the photosystems to participate in heat dissipation (Allakhverdiev and Murata, 2004; Murata et al., 2007; Allakhverdiev et al., 2008) and amounts of PSII supercomplexes are decreased due to increased PSII protein phosphorylation (Tikkanen et al., 2008, 2010). While studies on the role of PSII core phosphorylation in D1 turnover based on the protein kinase mutants stn8 and stn7 stn8 have led to somewhat contradictory results (Bonardi et al., 2005; Tikkanen et al., 2008; Fristedt et al., 2009), more recently the consensus has emerged that PSII phosphorylation exerts a rather indirect influence on PSII turnover via the modulation of thylakoid ultrastructure and PSII complex formation and migration (Grouneva et al., 2013). Here we show that the increased PSII core phosphorylation in oeSTN8 plants (Figure 6A) indeed leads to a slight reduction in photoinhibition after long-term exposure to fluctuating HL (Figure 7A). The underlying increase in D1 turnover efficiency can be ascribed to mechanisms that involve (i) PSII supercomplex disassembly and/or (ii) the modulation of thylakoid membrane stacking.

(i) While Tikkanen et al. (2008) interpreted the observed delay in D1 degradation in the stn8-1 mutants under HL as a consequence of slower disassembly of PSII supercomplexes, no such changes in the ratio of PSII supercomplexes to PSII monomers could be detected by Fristedt et al. (2009) after 3 h of HL treatment. Interestingly, the direct comparison of PSII supercomplex formation in WT, oeSTN8 and stn8-1 of this study revealed an obvious discrepancy between the respective genotypes under D and LL, and even more so under HL conditions (Figures 6B,C). While the disassembly of PSII supercomplexes was slightly promoted in oeSTN8, PSII supercomplexes clearly accumulated in stn8-1, suggesting clear effects of altered STN8 levels. However, these observations do not fully explain the altered resistance to photoinhibition seen for oeSTN8 but not for stn8-1 (Figure 7A), as both genotypes exhibit aberrant PSII supercomplex formation compared to WT.

(ii) The slightly higher resistance of oeSTN8 to photoinhibition could also be due to an increase in charge-dependent repulsion of the thylakoid membranes, which is reported to cause looser grana stacking and therefore allows faster lateral movement of proteins (Fristedt et al., 2009). In fact, compared to WT, slight changes in macroscopic thylakoid membrane folding could be observed in oeSTN8 under low light intensities (Figure 8), where differences in PSII phosphorylation between oeSTN8 and WT are only marginal (Figure 6A). Surprisingly, both height and diameter of the grana stacks seemed to be slightly increased in oeSTN8 (Figure 8), which argues against facilitated movement of membrane proteins between grana and stroma thylakoids, at least from the perspective of the grana diameter (Fristedt et al., 2009). The idea that the association of HL-induced PSII phosphorylation with altered grana stacking is purely coincidental, and that other HL-induced, STN8-independent processes are actually responsible for the modulation of grana stacking can probably be ruled out also, as oeSTN8 shows somewhat increased grana stacking already under LL (Figure 8). This provides evidence that thylakoid protein phosphorylation mediated by STN8 is indeed responsible for the observed changes in thylakoid remodeling. Nevertheless, it remains unclear whether STN8-dependent changes in grana formation actually result from alterations in PSII core protein phosphorylation or possible changes in the phosphorylation state of the CURT1 proteins, which were shown to mediate grana formation by inducing membrane curvature (Armbruster et al., 2013), or other so far unknown thylakoid components. In this respect, whether the differences in PSII supercomplex composition are the cause or the consequence of the altered macroscopic thylakoid membrane folding remains to be elucidated. In conclusion, it can be stated that the aberrant phosphorylation of PSII core proteins in oeSTN8 and stn8-1 plants has only a minor impact on photosynthetic performance (Figures 7, S2).
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In this study we assessed the ability of the C4 plant maize to perform long-term photosynthetic acclimation in an artificial light quality system previously used for analyzing short-term and long-term acclimation responses (LTR) in C3 plants. We aimed to test if this light system could be used as a tool for analyzing redox-regulated acclimation processes in maize seedlings. Photosynthetic parameters obtained from maize samples harvested in the field were used as control. The results indicated that field grown maize performed a pronounced LTR with significant differences between the top and the bottom levels of the plant stand corresponding to the strong light gradients occurring in it. We compared these data to results obtained from maize seedlings grown under artificial light sources preferentially exciting either photosystem II or photosystem I. In C3 plants, this light system induces redox signals within the photosynthetic electron transport chain which trigger state transitions and differential phosphorylation of LHCII (light harvesting complexes of photosystem II). The LTR to these redox signals induces changes in the accumulation of plastid psaA transcripts, in chlorophyll (Chl) fluorescence values Fs/Fm, in Chl a/b ratios and in transient starch accumulation in C3 plants. Maize seedlings grown in this light system exhibited a pronounced ability to perform both short-term and long-term acclimation at the level of psaA transcripts, Chl fluorescence values Fs/Fm and Chl a/b ratios. Interestingly, maize seedlings did not exhibit redox-controlled variations of starch accumulation probably because of its specific differences in energy metabolism. In summary, the artificial laboratory light system was found to be well-suited to mimic field light conditions and provides a physiological tool for studying the molecular regulation of the LTR of maize in more detail.
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INTRODUCTION

Plants need to cope with natural variations in illumination and temperature during their vegetation period. The major process affected by both parameters is photosynthesis, which is both light- and temperature-sensitive due to the tight coupling between light and dark reaction (Hüner et al., 1998; Blankenship, 2002). Photosynthesis, therefore, represents an attractive target for biotechnological improvements in order to promote growth and yield of crop plants (Long et al., 2006; Zhu et al., 2010).

Natural illumination of plants is highly fluctuating in intensity and quality mainly because of seasonal and daily periodicity and of short-term disturbances caused from, e.g., clouding or leaf movement. Beside these abiotic influences plants themselves create strong light gradients especially within dense plant populations where leaves of neighboring plants shade each other and compete for light. This competition for light results in strong decreases in light intensity and a relative enrichment in far-red wavelengths within the canopy (Terashima et al., 2005). The latter effect is sensed by photoreceptors which control photomorphogenesis or shade avoidance responses (Ballare, 1999; Smith, 2000). The enrichment in far-red light wavelengths has an additional strong impact on photosynthesis since it can be partly used by photosystem I (PSI) but not or less effectively by photosystem II (PSII) causing imbalanced distribution of excitation energy between the photosystems. During evolution plants developed a number of responses which optimize light utilization under these variable conditions (Aro and Andersson, 2001; Blankenship, 2002). Developmental responses at the whole-plant or leaf level include variation of photosynthetic capacity by modification of leaf thickness (e.g., sun and shade leaves) which take place within weeks and months. They act in concert with more dynamic molecular acclimation mechanisms at the chloroplast level which work within the range of minutes to several hours. These physiological responses are fully reversible. In the short-term functionality of the photosystem antennae is adjusted by important regulatory processes such as non-photochemical quenching for pH dependent dissipation of excess excitation energy under high light as well as state transitions – a posttranslational modification, which counteracts imbalanced excitation of the photosystems under low light. In the long-term, changes in gene expression control an adjustment of photosystem stoichiometry which work in the same functional direction as state transitions, but create a longer lasting effect (Melis, 1991; Anderson et al., 1995; Allen and Pfannschmidt, 2000; Haldrup et al., 2001; Allen, 2003; Holt et al., 2004; Pons and de Jong-Van Berkel, 2004; Kanervo et al., 2005; Walters, 2005; Eberhard et al., 2008; Horton et al., 2008; Kargul and Barber, 2008). These different responses generate a hierarchical framework which countervails the high variability in illumination and optimize photosynthetic electron transport (Frenkel et al., 2007; Dietzel et al., 2008). Therefore, it was proposed that manipulation of photosynthetic acclimation might help to improve photosynthesis (Horton et al., 2001; Murchie et al., 2009). In general, photosynthetic acclimation appears to be a chloroplast-autonomous regulation being independent of photoreceptors (Walters et al., 1999; Fey et al., 2005a); however, because of the numerous interactions in the plant cellular signaling network indirect photoreceptor and hormone influences must be also taken into account (Boonman et al., 2007, 2009).

Photosystem stoichiometry adjustment could be found in shade- and sun- as well as in mono- and dicot plants (Chow et al., 1988, 1990a; Pfannschmidt et al., 1999a; Fan et al., 2007) and appears to be an ubiquitous acclimation response in photosynthetic organisms (Melis, 1991; Allen and Pfannschmidt, 2000). Recent studies with the model organism Arabidopsis thaliana have revealed that the thylakoid-associated kinase STN7 is a key regulator of this long-term response (LTR; Bonardi et al., 2005; Pesaresi et al., 2009). Using knock out mutants as negative control it could be demonstrated that state transitions and LTR provide a physiological advantage under permanently changing conditions resulting in enhanced growth and seed production (Bellafiore et al., 2005; Frenkel et al., 2007; Wagner et al., 2008). Furthermore, systems biology approaches revealed that photosynthetic acclimation responses not only reconfigure the photosynthetic apparatus to the instantaneous light environment but also trigger a metabolic reprogramming which coordinates the energetic demands with the light harvesting efficiencies of the plant (Bräutigam et al., 2009; Frenkel et al., 2009). The studies demonstrated that starch accumulation in Arabidopsis significantly differs between different light quality acclimation states and, thus, represents a well-suited reporter for the metabolic reprogramming that finally controls plant growth efficiency (Bräutigam et al., 2009).

Maize is one of the world’s most important field crops and improvement of its photosynthetic yield would be of great interest (Zhu et al., 2010). Maize fields generate tall and dense plant stands during its vegetation period, which contains strong light gradients and, hence, a high degree of photosynthetic acclimation should be expected. Recent observations demonstrated that maize exhibit a high ability for photosynthetic acclimation when grown under different white light (WL) intensities in growth chambers. Variations in antenna structures and LHC protein accumulation were found both in mesophyll and bundle sheath chloroplasts (Drozak and Romanowska, 2006).

Here, we analyzed the degree of photosynthetic acclimation in maize grown under low-intensity artificial light qualities, which preferentially excite either PSI or PSII. This test system was successfully used previously for understanding redox-controlled photosynthetic acclimation in C3 plants like mustard, tobacco and Arabidopsis (Pfannschmidt et al., 1999a, b, 2001; Fey et al., 2005b; Wagner et al., 2008). Light quality acclimation to artificial light quality gradients could be demonstrated to be efficient and beneficial in various C3 species (Chow et al., 1990b; Hogewoning et al., 2012). In order to test the corresponding response of the C4 plant we determined chlorophyll (Chl) a fluorescence, Chl a/b ratios, transcript accumulation of plastid gene psaA (encoding the core protein of PSI), phosphorylation state of light harvesting complexes of PSII (LHCII) and the ability to perform state transitions. The detected acclimation ability was compared to that of samples harvested from maize plants grown under natural conditions. Our study indicates a high ability of maize to acclimate to light quality gradients in low-intensity light conditions in a lab based system providing a tool for analyzing the potential of the maize LTR for biotechnology applications.

RESULTS

LIGHT GRADIENTS AND PHOTOSYNTHETIC ACCLIMATION OF MAIZE UNDER FIELD CONDITIONS

Light intensity within plant populations decreases as a function of the leaf area index (LAI) while at the same time an enrichment of far-red wavelengths occurs (Smith, 2000; Hirose, 2005). We wanted to test if we could use a laboratory light set-up to study acclimation responses of maize seedlings to natural light gradients. In order to have a reference we analyzed the course of light gradients in a maize field trail by determination of light intensity and spectrum at different heights (Figure 1) of full-grown maize plants. 80% of the light was absorbed within the top 10–20% of the field, all lower parts obtained low light intensities with a strong enrichment in the far-red range (Table 1). Thus, even under sunny conditions the majority of the leaves in the field perceived only a sub-saturating photosynthetic active radiation (PAR) with a three- to four-times higher proportion of far-red light. To analyze effects on the photosynthetic performance of the plants we harvested plant leaf samples from the top, the middle and the bottom region of the stand. To include possible effects of the leaf blade position and the developmental gradient in chloroplast biogenesis we studied three segments of the leaves (basal, middle, and top segment; Figure 2A). In order to study the potential light acclimation we probed the Chl a/b ratio as indicator for changes in the amount of LHCII and the Chl fluorescence value Fs/Fm as physiological marker for the LTR, This value represents the fraction of light which is absorbed by the PSII antenna and subsequently lost by constitutive dissipation via fluorescence and heat emission in the steady state. Photosystem stoichiometry adjustment creates significant changes in this parameter (Pfannschmidt et al., 2001). The Chl a/b ratio was found to be significantly higher in level 1 than in level 2 and 3 (Figure 2B) while the measured Fs/Fm values were lower in level 1 and increased step-wise toward level 2 and 3 (Figure 2C) with a significant difference in section 2 of level 1 and 3. Effects of the leaf gradient were hardly detectable with the exception of segment 1 in level 2 which displayed a slightly more pronounced increase in the Fs/Fm values than segments 2 and 3. The starch content was found to be relatively stable at the different levels of sampling (Figure 2D) with a weak tendency to increase toward the bottom level which, however, was only significant in segment 2 of level 3. In summary, the measured parameters Fs/Fm and Chl a/b demonstrated typical changes between top and bottom level being indicative for a functional LTR in maize under field conditions.
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FIGURE 1. Natural illumination conditions within the maize field used for sampling. Left picture displays the plant stand used for measurements. Light intensities determined at indicated heights within the stand are given in the middle panel. Corresponding light spectra (indicated by the same color) at the respective position are shown on the right. Open: intensity and spectrum of full sunlight outside the field. PAR: photosynthetic active radiation. FR: far-red region.
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FIGURE 2. Analysis of field grown maize. (A) Left panel displays height of leaf harvesting. Magnification on right defines the analyzed sections of the respective leaves. Three to five leaves of each level were harvested from different individuals distributed randomly over the field. (B) Chl a/b ratio, (C) Chl fluorescence, and (D) starch contents in field grown maize. Story of harvest is given on the left, respective leaf segment analyzed on top. Acclimation parameters Chl a/b and Fs/Fm were determined as described in Section “Materials and Methods.” Starch content is given relative to the fresh weight (fw). Data represent means from at least three independent biological replicates, standard deviation is given. A Student’s t-test was performed to test significance of differences (*P < 0.05, **P < 0.01, ***P < 0.005).



Table 1. Ratio of short and long wavelengths in the different field stories.
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PHOTOSYNTHETIC ACCLIMATION OF MAIZE SEEDLINGS TO LIGHT QUALITY GRADIENTS

Recently, we described the physiological and molecular acclimation of the dicotyledonous C3 plants A. thaliana, Nicotiana tabacum, and Sinapis alba grown in a light system which preferentially excites either PSI or PSII (Pfannschmidt et al., 2001; Fey et al., 2005b; Wagner et al., 2008; Steiner et al., 2009). Here, we used the same set-up to analyze photosynthetic acclimation in the monocotyledonous C4 plant Zea mays. Seedlings were grown under WL as control and under PSI- or PSII-light (PSI, PSII) in order to test their ability to perform a LTR. Additional controls were shifted between the PSI- and PSII-lights (PSI-II; PSII-I) to test the reversibility of the response, an important criterion to distinguish between acclimation and development. The general appearance of the plants grown under the different light regimes did not reveal major morphological differences which is consistent with earlier observations in C3 plants (Figure 3A). For detection of a LTR the second true leaves of 10-day-old plants were used for measuring the Fs/Fm parameter by video imaging (Figure 3A). In this experimental set-up PSI-light acclimated plants absorb more light than they can use and dissipate the excess as fluorescence which usually is significantly higher in the steady-state than that from PSII-light acclimated plants. A deficiency in performing a LTR, however, is indicated by a loss of significant changes in Fs/Fm as observed in the stn7 mutant of Arabidopsis (Bonardi et al., 2005). WL plants exhibited a low Fs/Fm value while PSI plants displayed a high one. After a shift from PSI-light to PSII-light the Fs/Fm value in the seedlings declined. In PSII-plants it was low and increased after a shift of the plants to PSI-light. This result is consistent with earlier measurements of Fs/Fm values in C3 plants indicating that maize seedlings are able to perform a LTR in the same manner.
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FIGURE 3. Chl fluorescence of maize seedlings acclimated in long-term to different artificial light regimes affecting the redox state of photosynthetic electron transport. The growth light regime is indicated next to each leaf. (A) Left: appearance of leaves of differently acclimated plants under white light. Right: Fs/Fm values of the same leaves as detected by a CCD camera for Chl fluorescence detection given in false colors. Color bar on the right indicates the measured values. First and second true leaves were used for all analyses, the figures display representative samples. (B) Leaf sections used for more detailed analyses (compare Figures 4 and 5) were selected according to the field sampling.



2D images of the Chl fluorescence revealed some variations in the fluorescence values between different areas of the leaf blade (Figure 3A) which could be caused by the characteristic developmental gradient of the plastids in young monocotyledonous leaves which is more pronounced than in fully developed leaves as investigated in Figure 2. To examine this in more detail leaf blades were dissected into three segments containing young plastid from the leaf base (segment 3), middle aged plastids (segment 2), and mature plastids from the leaf tip (segment 1; Figure 3B). The Fs/Fm values were determined 6 h and 4 days after either a PSI-II or a PSII-I light shift (Figure 4A) in comparison to the respective controls. 6 h after a light shift only segment 1 revealed significant changes in Fs/Fm values. Segment 2 and 3 exhibited very weak Chl fluorescence without any recognizable differences between the growth light regimes. Four days after the light shift the Chl fluorescence in general was increased indicating the progress in the build-up of the photosynthetic machinery during the time range of observation. However, again segment 1 was the only segment displaying significant Fs/Fm fluorescence changes characteristically for a LTR.
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FIGURE 4. Chl fluorescence and Chl a/b ratios in defined segments of maize seedlings acclimated in long-term to different artificial light qualities. Growth light conditions are given below the charts. Plants under PSI-light were shifted to PSII-light and vice versa and harvested 6 h of 4 days after the shift (indicated in the left margin) and compared to non-shifted controls. (A) Fs/Fm and (B) Chl a/b were determined from the same segments (indicated on top, compare Figure3). Data represent at least three independent biological replicates, standard deviation is given. A Student’s t-test was performed to test significance of differences (*P < 0.05, **P < 0.01).



In the same experiments we analyzed the Chl a/b ratios of the respective samples (Figure 4B) which represents a second reporter for the LTR. After 6 h of acclimation it was found to be stable and comparable to the controls. After 4 days, however, the Chl a/b ratio of the PSI-II plants was significantly higher than that of PSI plants resembling that of PSII and WL plants. In contrast, PSII-I plants exhibited the opposite behavior with a lower Chl a/b ratio as in PSI plants. This pattern was found in all three segments analyzed indicating that even the younger leaf segments had begun to acclimate to the light condition although the Chl fluorescence measurements yet did not indicate this. A more detailed time course experiment indicated that the changes in Chl a/b ratios were largely finished after 2 days of acclimation (Figure A1 in Appendix) which is similar to the dynamics observed earlier in Arabidopsis (Wagner et al., 2008).

REDOX-CONTROLLED MOLECULAR PROCESSES IN PHOTOSYNTHETIC ACCLIMATION

Shifts between the PSI- and PSII-lights (and vice versa) induce reduction or oxidation of the plastoquinone pool (Wagner et al., 2008), respectively, which serves as a sensor for the balanced action of the two photosystems. In C3 plants, it controls the transcriptional regulation of the plastid gene psaA, targets the phosphorylation of the LHCII and the performance of state transitions. We tested all three processes in segment 1 of the leaf blades (Figure 5).


[image: image]

FIGURE 5. Redox-controlled processes in photosynthetic acclimation of maize seedlings. (A) Artificial growth lights were used as actinic light sources in state transition experiments to indicate the short-term redox effects on linear electron transport. Chl fluorescence given in arbitrary units was recorded using a PAM fluorometer. Measurements were done three times with leaves from three different biological samples. A typical trace is shown. On–off switches of the lights are given below the trace. Nomenclature of fluorescence parameters follows established conventions (see Materials and Methods). (B) Plastid protein extracts of maize seedlings grown under the different long-term light quality regimes as indicated in Section “Material and Methods” (indicated on bottom, compare Figures 3 and 4) were used to analyze the phosphorylation state of LHCII using a anti-phosphothreonine antibody. As loading control a corresponding experiment with the same membrane targeted to the small subunit of RubisCO (RbcS) is shown. (C) RNA isolates from the same samples isolated in parallel were used to determine the accumulation of psaA transcripts by northern analysis. As loading control a hybridization of the same membrane with a probe directed against the 18S rRNA is shown.



To demonstrate the effect of light sources on the redox state of the electron transport chain we used actinic lights in standard state transitions measurements (Haldrup et al., 2001). Chl fluorescence was detected using a pulse amplitude modulation (PAM) fluorometer (Figure 5A). The Chl fluorescence traces displayed changes characteristic for state transitions as observed earlier in C3 plants, i.e., a slow transient rise after a sudden drop when the far-red light was switched on and a more rapid transient decrease after a sharp rise when it was switched off again. These fluorescence transients are caused by the lateral migration of the LHCII between PSII and PSI and indicate that the time range necessary for state transitions in maize corresponded to that observed in Arabidopsis (Wagner et al., 2008).

Western analyses of thylakoid membrane phosphorylation state using an anti-phosphothreonine antibody (Figure 5B) indicated a strong phosphorylation of the LHCII proteins under PSII- and PSI-II light conditions while only weak phosphorylation signals could be detected in samples obtained from PSI- and PSII-I plants. This observation is consistent with the Chl fluorescence measurements and indicates the activity of a redox-sensitive kinase catalyzing state transitions via LHCII phosphorylation.

Northern analyses of total RNA preparations indicated a psaA transcript pool in PSI-light adapted plants which increased after a shift into PSII-light (Figure 5C). A similar transcript accumulation was observable in PSII-light grown plants and a down-regulation of psaA transcript amounts became apparent after a shift to PSI-light (Figure 5C).

In total all three parameters clearly demonstrated that redox-controlled acclimation responses occur in maize and that the seedlings perform a proper LTR at least in segment 1 under the artificial light quality regimes.

Recently, it could be demonstrated that the LTR includes targeted changes in the metabolic state of Arabidopsis and that this is reflected by a characteristic increase in the starch content of the leaves under PSII and PSI-II lights when compared to PSI and PSII-I conditions. The stn7 mutant was unable to perform this increase indicating that it is an redox-controlled process (Bräutigam et al., 2009). To test whether this regulation is also present in maize, seedlings were grown under the four light regimes and starch accumulation was determined in each segment (Figure 6). In contrast to Arabidopsis we could not observe any distinct pattern of starch accumulation in response to the light quality indicating that this regulation does not work in maize although the photosynthetic acclimation processes appeared to be fully functional. This result is consistent with the findings in plants collected from the field.
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FIGURE 6. Starch accumulation in segments of maize seedlings grown in long-term under the different light quality regimes. Starch per fresh weight (FW) was determined from the three leaf segments (indicated on the right) as described before. Growth light regimes of the respective plant samples are indicated at the bottom of each panel. All determinations were done in triplicate, standard deviations are given.



REDOX-DEPENDENT PHOSPHORYLATION OF LHCII IN MAIZE GROWN IN THE FIELD OR UNDER VARIOUS LABORATORY CONDITIONS

In order to obtain a direct comparison of acclimation abilities of maize under field and laboratory conditions we determined the phosphorylation state of the LHCII using immunoblotting analyses with antibodies directed against phosphothreonine. We harvested leaf material in the field corresponding to the levels 1–3 (compare Figure 2) and isolated total leaf protein extracts. 20 μg protein were separated by SDS gel electrophoresis and subjected to immunoblot analysis (Figure 7). In parallel, we separated the same amounts of protein extracts isolated from 2 months old maize plants grown in growth chambers where they experienced mainly a light intensity gradient due to vertical growth without neighboring plants. In addition, we grew maize seedlings for 10 days directly under two different WL intensities (170 and 35 μE) as well as in our light quality regime. For the latter Arabidopsis plants grown in parallel were used as control. Redox-mediated LHCII phosphorylation induced by growth under PSII- and PSI-lights appeared to be comparable for Arabidopsis and maize seedlings (Figure 7, lanes 1, 2 and 12, 13) and resulted in a strong phosphorylation of LHCII under PSII-light and a weak phosphorylation under PSI-light, respectively. This result is in accordance with our earlier observations (Wagner et al., 2008, Figure 5). Field grown maize exhibited a phosphorylation state of LHCII at levels 2 and 3 (lanes 5, 6) being comparable to that of the PSI-light control (lane 13) while that of level 1 (lane 4) was clearly reduced. The latter observation corresponds to reports demonstrating that the LHCII kinase is inhibited at high light intensities by a thiol-dependent repression mechanism (Rintamaki et al., 2000). Interestingly, the phosphorylation signal occurring above the LHCII remained stable under all conditions. Because of size and regulation behavior of this band under lab conditions it is likely the D1 protein which requires experimental proof in the future. If this assumption is correct then the stable phosphorylation contrasts results from laboratory experiments with Arabidopsis which suggest that D1 phosphorylation is affected by light intensity (Tikkanen et al., 2008; compare also lanes 7–9) pointing to potential additional control mechanisms in field grown maize besides light-dependent redox control. Maize from growth chambers not subjected to dense planting displayed a regular increase in LHCII phosphorylation from the top level to the bottom (lanes 7–9) which can be easily explained by the light-intensity dependent repression of the kinases. The additional experiment with the 10-day-old maize seedlings grown under 170 and 35 μE WL (lanes 10 and 11) displaying high phosphorylation states under both conditions indicates that a significant high light repression of LHCII phosphorylation in maize likely starts beyond the 330 μE light intensity point (Lane 8). This is much higher as the corresponding point in Arabidopsis (about 150 μE, compare Bonardi et al., 2005), probably since maize is genotypically adapted to much higher light intensities for growth than Arabidopsis. In summary, we conclude that the principal LHCII phosphorylation events occurring in the field can be mimicked by our artificial light quality system. Phosphorylation of the putative D1 protein, however, appears to be potentially under a more complex control including additional influences besides the light environment and requires more complex physiological set-ups in order to study it. 
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FIGURE 7. Redox-dependent phosphorylation of LHCII in maize grown under field conditions or various laboratory conditions. Protein extracts of differentially grown plants were separated on a denaturing 10% SDS-PAGE, blotted to a PVDF membrane and subjected to an immunoblot analysis using an anti-phosphothreonine antibody (top panel). Signals were visualized by enhanced chemiluminescence. 20 μg total protein were loaded per lane. A parallel control gel was loaded with the same protein amounts from the same samples and subjected to Coomassie staining as loading control (bottom panel). Lanes 1 and 2: extracts of 10-day-old Arabidopsis seedlings grown under artificial PSII- and PSI-light serving as control. Lane 3: size marker. Lanes 4–6: Leaf protein extracts of 4 months old field grown maize (L1–L3 correspond to the respective height levels given in Figures 1 and 2). Lanes 7–9: leaf protein extracts of 2 months old maize plants grown in a growth chamber (GC) equipped with mercury vapor white light sources. Light intensity at the height of leaf harvest is given in μmol photons per m2 and s. Lanes 10 and 11: leaf protein extracts from 10-day-old maize plants grown in growth cabinets equipped with cool white light fluorescent stripe lamps (light intensity is given in μmol photons per m2 and s). Lanes 12 and 13: leaf protein extracts of 10-day-old maize plants grown under the same PSII- and PSI-light conditions as given for extracts from Arabidopsis seedlings presented in lanes 1 and 2. All plants used for experiments given in lanes 7–13 were grown in the same growth chamber being subjected to 60% relative humidity and 18–21°C.



DISCUSSION

Maize is one of the major crops in worldwide agriculture and, therefore, its ability to respond and acclimate to changing environmental conditions is of great interest, especially with regard to rising CO2 concentrations in the atmosphere (Prins et al., 2007). Recent analyses have demonstrated that the acclimation to CO2 is closely related to the water status and the developmental stage of the leaf investigated reflecting the multiple effects on photosynthesis (Prins et al., 2011). The efficiency of CO2 fixation, however, also largely depends on the energy provided by the light reaction which might create a limiting factor since it is well-known that maize fields possess a very high LAI. Our measurements of the light gradients within such a field confirm this and demonstrate that in a fully grown maize field approximately 70–80% of the biomass can perform photosynthesis only in a very sub-optimal way since the useful light wavelengths as driving force for the light reaction are very limited. This occurs even under optimal sun light conditions suggesting that there is a high potential for improvement of light usage efficiency in the same way as discussed for rice (Horton et al., 2001).

Recently, molecular studies investigated the molecular changes of the photosynthetic apparatus in maize in response to WL intensity gradients (Romanowska and Drozak, 2006; Romanowska et al., 2008). In the present study we focused on potential changes in photosynthetic functions in maize caused by long-term variations of incident light quality using artificial light sources exciting preferentially PSI or PSII. A similar approach has been performed earlier, however, with the main focus on the effectiveness of the phytochrome system (Eskins et al., 1986). A recent study explains photosynthetic acclimation to canopy density of tobacco and Arabidopsis as an interplay of photoreceptors and cytokinins, but the results also suggest a possible existence of alternative signaling pathways (Boonman et al., 2009). Our physiological set-up was originally established to analyze processes controlled by redox signals from photosynthetic electron transport in C3 plants. Our experiments presented here demonstrate that the system is able to induce a prominent short-term response also in the maize seedlings. Redox-controlled state transitions as measured by Chl fluorescence and corresponding changes in LHCII phosphorylation (Figure 5) were observable in a comparable way as reported earlier (Andrews et al., 1993). In addition, we could detect a pronounced LTR with corresponding changes in psaA transcript accumulation (Figure 5C) and characteristic changes in Fs/Fm and Chl a/b values (Figure 4). The LTR, however, was fully observable only in the top leaf segment of the maize seedlings indicating a developmental dependency of the LTR on the gradient of chloroplast biogenesis at least under the conditions of the present study (Figure 4). In contrast, in mature leaves of field grown plants the LTR as reported by respective changes of Fs/Fm and Chl a/b was readily detectable in all segments (Figure 2) supporting this conclusion. Our light measurements in the field confirm earlier results demonstrating that in dense plant population strong light quality gradients exist which are present even under sunny conditions (Figure 1). It can be concluded that fluctuations of illumination from outside are dampened in their absolute values by the top layers of the field and that within the field canopy the light environment is a rather stable low-intensity, far-red enriched light condition. Thus, leaves in the top level mainly require to perform high light acclimation using mechanisms such as non-photochemical quenching (NPQ). In contrast, for the largest portion of the biomass in the field a long-term acclimation to the non-saturating low light conditions appears to be more desirable. We could observe a distinct difference between the Fs/Fm and Chl a/b values for the top storey of the field when compared to middle or bottom storey indicating an adjustment of the photosynthetic apparatus to the respective illumination conditions (Figure 2). Leaf autonomous regulation of photosynthetic acclimation via redox signals from photosynthesis would provide an efficient and simple regulation principle allowing the individual plants to adapt to the strong gradient in light intensity on one hand and the parallel light quality gradient on the other. Thus, our physiological light system and the reporter for the LTR provide a useful test system not only for redox-controlled processes, but also for mimicking field conditions in dense canopies.

In Arabidopsis we observed a concomitant variation of the starch amount during the LTR which was reported to be a reporter for the metabolic changes occurring in the background of the light acclimation response (Bräutigam et al., 2009). Interestingly, this was not observable in maize, neither in the seedlings nor in the mature plants. In Arabidopsis, it was shown that starch synthesis is dependent on redox regulation of the entry enzyme ADP-glucose-pyrophosphorylase (AGPase) via the thioredoxin-like NtrC (Michalska et al., 2009). It is not clear yet whether the changes in starch accumulation during the LTR are also mediated by NtrC, however, it is a likely candidate. In maize obviously the regulatory link between LTR and starch accumulation has been uncoupled. A possible explanation would be the C4 syndrome of maize, since in C4 metabolism starch is mainly produced in the bundle sheath cells which do not contribute significantly to overall linear electron transport, thus lacking the basic requirement for photosynthetic redox signaling. However, it could be shown that even the agranal chloroplasts of the bundle sheath cells of maize contain a certain amount of PSII providing at least a limited capacity for redox signaling (Romanowska et al., 2008). BLAST searches done with the NtrC protein sequence of Arabidopsis identify an ortholog in maize with 92% positive amino acids strongly suggesting the existence of this key redox regulator in maize. Interestingly, starch accumulation in bottom leaves of the field grown plants is comparable or even slightly higher than in the top level leaves. Thus, starch accumulation appears to be uncoupled from the major site of primary photosynthesis implying a number of questions concerning the source–sink relationships in this plant which are an interesting topic for future work.

Regarding the high proportion of the field biomass performing a LTR the question arises for the beneficial effects of this acclimation response. In Arabidopsis, a clear negative impact on rosette growth and seed production could be demonstrated when the LTR is lacking (Wagner et al., 2008; Bräutigam et al., 2009). A recent study analyzed in detail the wavelengths dependency of photosynthetic quantum yield indicating significant positive effects for plants when performing a corresponding acclimation response (Hogewoning et al., 2012). Comparable experiments in maize require the isolation of corresponding LTR mutants which are currently under way. In addition, further field experiments are required to understand temporal and spatial occurrence of the LTR during the development of the plant stand. Young and small maize seedlings in the field perceive much more high light per total leaf area than the older plants which need to compete for light. Thus, the requirement for a LTR in the lower parts of the plants increases with the development of the plant stand. Understanding the molecular regulation of these processes will help to assess the potential of yield improvement in crop field via engineering of photosynthetic acclimation responses.

MATERIALS AND METHODS

FIELD GROWN PLANT MATERIAL

For field analyses we characterized a plot in the middle of a fully grown maize field near Jena on the 9th of September 2009 at a time point when development of the corncobs has not yet started. The density of plants within the field was between 16 and 20 plants/m2. Light conditions in the maize field were measured at different indicated heights at noon under sunny and dry conditions and 22°C air temperature. Light intensity of PAR was determined with a Licor LI-250 (Heinz Walz GmbH, Effeltrich, Germany). Light spectra were determined with a spectroradiometer GER 1.500 (Geophysical and Environmental Research Corp., Millbrook, NY, USA). Reference data were obtained outside the field in a plant free area nearby which was also free of reflecting light from the fields around. Based on these measurements leaves were harvested at three different heights with characteristic light conditions. Only healthy, green leaves without any sign of beginning senescence or pathogen attack were chosen. Leaves were put in a light-proof box on ice and transported immediately to the lab. Chl fluorescence measurements were started within 30 min after harvest and after acclimation to room temperature. Material for Chl and starch determination was frozen in liquid nitrogen and kept at -80°C until further use.

PLANT MATERIAL GROWN IN CLIMATE CHAMBERS

For analysis of young maize seedlings Z. mays (L.) var seeds were sown in pots on soil/vermiculite (4:1) and grown in growth chambers at 25°C, 80% humidity and a 16 h light/8 h dark cycle. Illumination was ~30 μmol photons/m2s provided by cool white fluorescence lamps. Seedlings were grown for 3–4 days until the first leaf had developed. Then pots were shifted for further 3 days to light cabinets equipped with light sources preferentially exciting PSI or PSII (PSI- or PSII-light, respectively). The spectral composition of the light sources have been described in detail earlier (Wagner et al., 2008). Both light sources (PSI- and PSII-light) had an comparable PAR of 20–30 μmol photons/m2s which was found to be sufficient to sustain photoautotrophic growth. After this pre-acclimation one half of the plants were shifted from PSII- to PSI-light (PSII-I plants) and from PSI- to PSII-light (PSI-II plants) while the other half remained in the light cabinets (PSI and PSII plants). Plants were then re-acclimated for further 4 days before they were harvested for analyses. In time course experiments samples were taken 6, 24, 48, and 96 h after the light shift. Maize plants grown under high WL conditions or for prolonged growth under WL were subjected to illumination from mercury vapor WL sources in the same growth chambers as the PSI- and PSII-light sources. Light intensities as indicated in the figures were obtained by adjusting the distance of the plants to the light sources placed on top of them. The respective PAR intensity was detected using the Licor LI-250 (see above).

CHLOROPHYLL FLUORESCENCE MEASUREMENTS

In vivo Chl a fluorescence parameters were determined by video imaging under room temperature using a pulse amplitude-modulated FluorCam 700 MF device (Photon Systems Instruments, Brno, Czech Republic). Fs/Fm and Fv/Fm of plants acclimated to different light qualities were determined as described earlier (Wagner et al., 2008). We also compared basic photosynthetic parameters such as Fv/Fm detected by the Fluorcam with that of a PAM2000 (Heinz Walz GmbH, Effeltrich, Germany) and found the saturation flash of approximately 2000 μE sufficient to close all PSII centers for determination of Fm. State transitions were determined as described earlier (Lunde et al., 2000; Damkjaer et al., 2009) with intact single plant leaves using a PAM-101 fluorometer equipped with a PDA100 for digital data recording (WALZ, Effeltrich, Germany). PSII- and PSI-favoring light was provided by the growth light sources as described (Wagner et al., 2008). Saturation pulses were given for 800 ms by a Schott KL-1500 lamp at 5000 μmol photons/m2s. One representative of three replicates is shown.

CHLOROPHYLL AND STARCH DETERMINATION

Plant material was ground in liquid nitrogen in a mortar. For determination of Chl concentration the pigments were extracted with 80% buffered acetone. Chl a and b concentrations were then spectroscopically determined according to Porra et al. (1989). Starch was determined using a standard colorimetric method (Magel, 1991) and the absorption coefficients described by Appenroth et al. (2010).

NORTHERN ANALYSIS

Preparation of total RNA from the top section of 10-day-old maize seedlings grown in the light quality system as described above was performed as established earlier (Fey et al., 2005b). 10 μg of total RNA were separated on a 1% denaturing agarose gel containing 7% formaldehyde, transferred to a nylon membrane and hybridized to a probe directed against a highly conserved sequence in the psaA gene (encoding the apoprotein of PSI) of Arabidopsis following established standard protocols (Sambrook et al., 1989).

PHOSPHORYLATION STATE OF LHCII

Fresh leaf tissue of differentially grown plants was homogenized using a Waring® blender in ice cold homogenization buffer (HB; 50 mM HEPES-KOH, 0.33 M sorbitol, 10 mM KCl, 5 mM MgCl2, 10 mM NaF) at 4°C. Chloroplasts were recovered by centrifugation for 2 min at 2000 × g. Total chloroplast protein extracts containing 20 μg Chl were solubilized for 10 min in 40 μl buffer containing β-dodecyl-maltoside (BDM) at a final concentration of 1%. Proteins were denatured with 40 mM DTT, 2% SDS, 4% glycerol, and 150 mM Tris–HCL pH 6.8 for 10 min and subjected to SDS-PAGE using a 12% gel. The gel was either stained with colloidal Coomassie following manufacturer’s recommendations (Roth, Karlsruhe, Germany) or used for western analysis. The stained gel was scanned with a LI-COR Odyssey infrared laser scanner at 700 nm to detect the dye fluorescence and protein loading was determined by quantification of fluorescence signals. Calculations of relative protein amounts were done with LI-COR Odyssey2.1 software (median background correction). For immunoblot analysis gels were electro-transferred to a polyvinylidene difluoride (PVDF) membrane (Roti-PVDF, Roth, Karlsruhe, Germany) and de-stained according to current protocols (Wittig et al., 2006). Phosphorylated proteins were detected with a polyclonal primary anti-phosphothreonine antibody (Cell Signaling Technology Inc., Danvers, MA, USA) and a fluorophore-coupled secondary antibody IRD800-anti-rabbit (Rockland Immunochemicals Inc., Gilbertsville, PA, USA). For testing phosphorylation state of field material the harvested leaves were frozen on dry ice directly at the site of harvest to avoid any change in phosphorylation during transportation. Total leaf protein extracts were isolated according to Pfalz et al. (2009) and used for immune-western analysis with anti-phosphothreonine antibodies as described above with the exception that the detection was performed with enhanced chemiluminescence (ECL). Samples collected from lab growth chamber-grown plants were treated in an identical manner to allow direct comparison.
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FIGURE A1.Kinetic changes of Chi a/b ratio in defined segments of maize seedlings acclimated to different light qualities. Growth light conditions are given in the right margins. Plants under PSI-light were shifted to PSII-light and vice versa and harvested at indicated time points after the shift and compared to non-shifted controls. Data represent at least three independent biological replicates, standard deviation is given.
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A chlorophyll f containing cyanobacterium, Halomicronema hongdechloris (H. hongdechloris) was isolated from a stromatolite cyanobacterial community. The extremely slow growth rate of H. hongdechloris has hindered research on this newly isolated cyanobacterium and the investigation of chlorophyll f-photosynthesis. Therefore, optimizing H. hongdechloris culture conditions has become an essential requirement for future research. This work investigated the effects of various culture conditions, essential nutrients and light environments to determine the optimal growth conditions for H. hongdechloris and the biosynthetic rate of chlorophyll f. Based on the total chlorophyll concentration, an optimal growth rate of 0.22 ± 0.02 day-1(doubling time: 3.1 ± 0.3 days) was observed when cells were grown under continuous illumination with far-red light with an intensity of 20 μE at 32°C in modified K + ES seawater (pH 8.0) with additional nitrogen and phosphor supplements. High performance liquid chromatography on H. hongdechloris pigments confirmed that chlorophyll a is the major chlorophyll and chlorophyll f constitutes ~10% of the total chlorophyll from cells grown under far-red light. Fluorescence confocal image analysis demonstrated changes of photosynthetic membranes and the distribution of photopigments in response to different light conditions. The total photosynthetic oxygen evolution yield per cell showed no changes under different light conditions, which confirms the involvement of chlorophyll f in oxygenic photosynthesis. The implications of the presence of chlorophyll f in H. hongdechloris and its relationship with the ambient light environment are discussed.

Keywords: cyanobacteria, chlorophyll a, chlorophyll f, Halomicronema hongdechloris (H. hongdechloris), light, photopigments

INTRODUCTION

Cyanobacteria are oxygenic photosynthetic prokaryotes that convert CO2 into organic biomass by means of photosynthesis. Their metabolic flexibility to adapt and to thrive in various ecological niches is remarkable, and the optimal culture conditions of cyanobacteria are diverse among genera, species and strains (Pikuta et al., 2007; Singh, 2009). As with other bacteria, cyanobacteria have four different phases of growth: lag phase, exponential (or log) phase, stationary phase and the death phase (Fogg and Thake, 1987; Wood et al., 2005). The growth rate can be represented as the doubling time (the period of time required for the cell number or biomass to double). In addition to the direct measure of the growth rate of an organism by cell counting and/or the changes of total biomass (dry or wet weight), the growth rate of cyanobacteria can be measured indirectly using the changes of cellular components such as total organic carbon, lipids, protein, or chlorophyll (Hansmann, 1973; Moheimani et al., 2013). The total chlorophyll concentration has been widely used for the measurement of growth, particularly in the case of filamentous cyanobacteria, where the number of cells cannot be counted directly.

In order to maintain a culture successfully and to optimize the culture growth conditions, various environmental and nutritional parameters need to be taken into account. The most commonly studied parameters are light quality and quantity, pH, salinity, temperature, and macronutrients, mainly nitrogen (N) and phosphorus (P). Light is the major energy source for cyanobacteria and light quality and quantity strongly affect the light-harvesting systems and photosynthetic efficiency (Smith, 1986; Bibby et al., 2009; Chen and Scheer, 2013). Synechocystis sp. PCC6803 can be cultured easily under the laboratory conditions and is used as a model cyanobacterium for understanding the mechanism of photosynthesis. Recently, additional chlorophylls have been found in some cyanobacteria and the function of these novel chlorophylls in photosynthesis challenges the traditional belief of oxygenic photosynthesis: Chl a is the only chlorophyll that can involve the charge separation in the photosynthetic reaction centers (Miyashita et al., 1996; Chen et al., 2010). Cyanobacteria take advantage of having different compositions of photopigments to capture the available sunlight present in a particular ecological niche (Chen and Scheer, 2013; Hou et al., 2013). For example, Acaryochloris marina synthesizes chlorophyll d (Chl d) to capture far-red light that is the leftover light from phototrophs using Chl a existing in the upper stacked biolayers (Kühl et al., 2005; Loughlin et al., 2013). Chlorophyll f (Chl f) is the most recently identified chlorophyll, having the most red-shifted absorption peak of 707 nm found in oxygenic photosynthetic organisms to date (Chen et al., 2010). The presence of the red-shifted chlorophylls (Chl d and Chl f) enables oxygenic photosynthetic organisms to expand their absorbance spectral region beyond visible light region and to enhance their photosynthesis efficiency (Chen and Blankenship, 2011).

Halomicronema hongdechloris (H. hongdechloris) is the first reported filamentous cyanobacterium containing Chl f together with Chl a (Chen et al., 2012). A previous study suggested that phycobiliproteins are the main antenna system utilized by H. hongdechloris under white light conditions. However, Chl f is reported to be a “red-light-induced” chlorophyll with increased amount when H. hongdechloris is cultured under far-red light (Chen et al., 2012). H. hongdechloris offers an opportunity for exploring the function of Chl f in oxygenic photosynthesis. At the time when H. hongdechloris was isolated and purified, its doubling time was approximately 1 week (more than 150 h). Compared with the doubling time <20 h for Synechocystis sp. PCC 6803 (Saha et al., 2012), and ~33 h for A. marina (Miyashita et al., 2003) the growth rate of H. hongdechloris was extremely slow and became a hindrance to research on this newly isolated cyanobacterium and the investigation of Chl f-photosynthesis. With such slow growth, obtaining enough biomass of cells and Chl f is a major challenge for molecular, biochemical and biophysical studies. Therefore, optimizing H. hongdechloris culture conditions has become an essential requirement for future research.

Here we characterize H. hongdechloris growth kinetics and describe its light, pH, salinity, temperature and nitrogen/phosphorus requirements for the first time. The significantly improved growth rate of 0.22 ± 0.02 day-1 is achieved under enriched nitrogen and phosphorus nutrient conditions and continuous illumination of 730 nm monochromatic light with an intensity of 20 μE at 32°C. The influence of various light conditions and nutrient combinations on H. hongdechloris morphology and physiological features is observed using confocal fluorescence microscopy and transmission electron microscopy.

MATERIALS AND METHODS

CULTURE CONDITIONS

Halomicronema hongdechloris was isolated from stromatolites, Shark Bay, Western Australia (Chen et al., 2012). This strain was initially grown in modified K + ES seawater medium (Table 1A) with 100 rpm shaking under the control condition given in Table 1B. Seven days after inoculation, cells were homogenized using a glass homogenizer with K + ES seawater medium at a ratio of 1:10 (v/v) and used to inoculate 24 well plates (maximum capacity of 3.6 ml/well) with a final volume of 2 ml of cell culture per well. All cultures were inoculated with an equal cell amount containing a total chlorophyll concentration of 3.4 ± 0.4 μg/ml (n = 100).

Table 1. Control culture condition.
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GROWTH RATE, PIGMENT COMPOSITION AND STATISTICAL ANALYSIS

The growth rate of H. hongdechloris cultures was monitored using total chlorophyll concentration by sampling every 2–3 days over a period of 30 days. Cells from each well were sampled by centrifugation, and the methanolic total pigment extractions were directly used for spectral and high performance liquid chromatography (HPLC) analysis (Willows et al., 2013). All experiments were carried out on ice under dim green light to prevent photodamage of the pigment. Each experiment was repeated once in new culture plates and each sampling point had four technical replicates. Therefore, each point in the growth curve represents the mean of eight replicates.

Cell concentration was determined using total chlorophyll concentration as a proxy measure. The amount of total chlorophyll (Chl a and Chl f) was calculated according to the following equations based on the extinction coefficient published in Li et al. (2012).
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The in vivo spectra of cells grown under different conditions were recorded using Shimadzu UV–Vis spectrophotometer (UV-2550) with a Taylor-sphere attachment (ISR-240A, Shimadzu, Japan). The cells were homogenized prior to measurement. The recorded spectra were smoothed using the Savitzky-Golay method with a window of <15 points (Origin version 8.0). Spectra were then re-plotted in Microsoft Office Excel 2007.

In this study, the growth rates (k) were the slope estimated based on the linear regression equation of the logarithm of total chlorophyll concentration in logarithmic growth phase in all conditions. The coefficient of determination, R2, determined using Microsoft Office Excel 2007 based on the linear regression equation. Cells grown under control culture conditions (Table 1) were used as the experimental reference for all factors tested in this study. When the relative growth rate is constant, the cell culture has a constant doubling time which can be calculated based on:
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where k (day-1) is the growth rate.

STATISTICAL ANALYSES

The mean values, confidence intervals and SD values of the replicates for each treatment were calculated by Microsoft Office Excel 2007. The SE of growth rate generated by linear regression were calculated as described in Kenney and Keeping (1962). The effects on growth characters as growth rate and cell sizes caused by different growth conditions were analyzed by ANOVA using R (version 3.0.0). The post hoc multiple comparisons were made by a F-test if a significant difference was detected. The level of significance was set at 0.05 for all testing conditions. All errors quoted in this study are ±95% confidence intervals with the numbers of replicate presented in brackets (n).

VARIATIONS OF LIGHT CONDITIONS

The effects of light qualities and quantities for H. hongdechloris were examined by setting seven different light conditions at various intensities: far-red light (FR, 730 nm LEDs with 20 nm half width and 30° viewing angle) with intensities ranging from 10 to 60 μE; red (RL, 650 nm LEDs with 20 nm half width at a 15° viewing angle), orange-red (OR, 625 nm LEDs with 20 nm half width at a 15° viewing angle), green (520 nm) LEDs with 20 nm half width at a 30° viewing angle), or blue (470 nm) LEDs with 20 nm half width at a 30° viewing angle) light with intensities of 10 and 20 μE; white light (cool white fluorescent light, WL) with intensities of 10–100 μE. LEDs lights utilized in this study are all mono-wavelength LED clusters (Nanning Lvxing Light Electronics Co., Ltd., China). The radiation spectra of various light conditions were monitored using an USB2000+ Miniature Fiber Optic Spectrometer (Ocean Optics, Inc., Australia). Different light intensities were obtained by adjusting the distance between sample and light source, and monitored using a SKP200 light meter (Skye Instruments Ltd., UK) for the OR, RL and FR lights or a Quantum LI-light meter (LI-COR, Inc., USA) for the other light sources. All illumination was continuous. Except for differences in light conditions, cells were all incubated in the same conditions as the control (Table 1).

RELATIONSHIP BETWEEN TOTAL CHLOROPHYLL AND WET WEIGHT OF CELLS

The wet weight of cells grown under FR light/10–20 μE or WL light/40–60 μE at the period of exponential phase was obtained by rinsing the cells using milliQ water and removing any remaining surface water by vacuum filtration before weighing. Subsequently, total chlorophyll was extracted from the same samples using 100% methanol (HPLC grade) and the total chlorophyll concentration was determined as described above (Eqs 1 and 2). The rinsed cells were extracted by 100% methanol several times until no detectable pigment was observed in the absorption spectrum (absorbance reading at 665 nm < 0.05). This process was repeated (n = 10) for each culture treatment using different amount of cells ranging from 0.25 to 1.50 g. The relationship between total chlorophyll and wet weight were re-plotted in Microsoft Office Excel 2007.

VARIATIONS OF SELECTED ENVIRONMENTAL AND NUTRITIONAL FACTORS

The environmental factors tested in this study were: pH, temperature and salinity. The pH of the medium was maintained using Good’s buffers (Good et al., 1966) at a concentration of 25 mM: 2-(N-morpholino)ethanesulfonic acid (MES; pH 6.0), TES (pH 7.0 and 8.0), and N-Cyclohexyl-2-aminoethanesulfonic acid (CHES; pH 9.0 and 10.0). To determine the best culture temperature, cells were cultivated under four selected temperatures (20°C, 27°C, 32°C, and 39°C). The effects of salinity on the growth of the cells were characterized by monitoring the growth rates in modified K + ES medium with different concentrations of commercial premium Sea Salt (AQUASONIC, Australia) from 0.0 g (fresh water) to 3.3 g per 100 ml medium (1 × salinity of nature seawater = 33‰). When the salt concentration of the medium exceeded 1 × seawater, additional NaCl was used to reach the required level of salinity. In all cases, apart from the parameter being tested, conditions were the same as the control condition (Table 1).

The effect of different inorganic nitrogen sources ((NH4)2SO4, NH4Cl, NaNO3, NaNO2) and ratio of N:P (mM:mM) on the growth of H. hongdechloris were also examined. The ratio of N:P was varied from 7.8 to 780 (with control conditions from Table 1 being 78) by maintaining the control nitrogen concentration and increasing the phosphorus concentration by 5- or 10-fold or maintaining the control phosphorus concentration and increasing the nitrogen.

PHOTOSYNTHETIC OXYGEN EVOLUTION RATE

The oxygen evolution rates of H. hongdechloris cultures were measured using a Hanstech DW2/2 Liquid-Phase Oxygen Electrode Chamber with a circulating thermostat-regulated water bath. All oxygen evolution rate experiments were done at 25°C, except the high temperature measurement (32°C). To avoid large filamentous cell aggregation, the cell culture was homogenized and re-cultured under the same conditions for approximately a week until their biological activity recovered and cell growth was in the exponential phase. One ml of pre-homogenized cell culture with a total chlorophyll content of 4–8 μg was added to the chamber for oxygen evolution rate measurement. The light source was provided by either a Leica Pradovit color 250 (Autofocus) projector with different transmission filters or a FR light (730 nm with 20 nm half width and 30° viewing angle, Nanning Lvxing Light Electronics Co., Ltd., China).

CONFOCAL MICROSCOPY

The cell morphology of exponential phase H. hongdechloris cells grown under different light regimes was examined on a Zeiss LSM Pascal 410 confocal microscope (Oberkochen, Germany) using an Achroplan 63 × water immersion objective or Plan-Neofluar 100 × oil immersion object. Cells were excited using a 458 nm argon laser and autofluorescence was collected using either a 600–680 nm band-pass filter or a 692 nm long-pass filter.

TRANSMISSION ELECTRON MICROSCOPY

Exponential phase cells grown under FR and WL conditions were fixed in 2.5% (v/v) glutaraldehyde with 6% (w/v) sucrose in 0.1 M phosphate buffer pH 7.5 overnight at 4°C. Cells were rinsed 3 × 10 min in the same buffer, and then embedded in 1% (w/v) low melting agarose and further fixed in 1% (w/v) osmium tetroxide with 6% (w/v) sucrose in 0.1 M phosphate buffer pH 7.5 overnight at room temperature. Cells were rinsed 3 × 10 min with milliQ water, and then dehydrated in a series of ethanol concentrations from 50 to 100% for 10 min each. The dehydrated cells were infiltrated with Spurr’s resin (Proscitech, Australia) and embedded in gelatin capsules. The samples were polymerized at 65°C for 24 h. Semi-thin sections (1 μm) were cut using a glass knife on an ultramicrotome (Ultracut T, Leica, Austria), mounted and dried on glass slides and stained with 0.5% (w/v) Toluidine blue. Ultrathin sections (70 nm) were cut on the ultramictrotome, placed on 200 mesh thin bar copper grids (Proscitech, Australia) and stained with 2% uranyl acetate for 10 min and lead citrate (Reynold’s) for 10 min. All sections were visualized using a transmission electron microscope (JEOL 1400, JEOL Ltd.) at 120 kV. Images were captured using a Gatan Erlangshen ES500W camera and processed using Gatan DigitalMicrographTM software (Gatan, USA).

RESULTS

To determine the optimal culture conditions, more than 20 different light conditions, covering four different light sources with a series light intensities were tested initially to investigate the best light condition for growing H. hongdechloris under laboratory conditions (Figure 1). The optimized light conditions were applied in the subsequent studies on optimizing the growth factors. Optimization of environmental and nutritional conditions was performed in a step-wise fashion as follows: optimal culture salinity was determined following by pH, then temperature and finally nitrogen and phosphorus requirements were examined under these optimized conditions (Figure 1).
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FIGURE 1. Experimental scheme.



THE LINEAR RELATIONSHIP BETWEEN TOTAL CHLOROPHYLL AND BIOMASS

A linear relationship between the total chlorophyll and cell wet weight for H. hongdechloris cells grown was observed under both FR light/10–20 μE and WL/40–60 μE conditions (Figure 2A). The significant linear relationship indicates that the content of total chlorophyll is relatively constant per cell under the same light conditions. It is of interest to note that the chlorophyll content per cell was ~1.54 (mg chlorophyll) g-1 cell wet weight for the cells grown under FR light, which is about 50% more chlorophyll content compared to the cells grown under WL light. The cells grown under WL light have about 1.0 mg chlorophyll/g cell wet weight (Figure 2A). Both Chl a and Chl f showed a linear relationship with the cell wet weight, 1.39 (mg Chl a) g-1 and 0.15 (mg Chl f) g-1 cell wet weight in FR light-grown cells (Figure 2B). Cell size did not vary under the different light qualities according to the microscopic observation based on the average measurement of >100 cells per treatment (Table 2). There are no significant differences observed in both cell length (F(3,346) = 2.17, p = 0.091 > 0.05) and width (F(3,346) = 0.93, p = 0.428 > 0.05) according to a one-way ANOVA analysis (Table 2). Hence, the total chlorophyll content is used as a measure of growth throughout this report.
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FIGURE 2. The relationship between cell weight and chlorophyll contents in H. hongdechloris. (A) Comparison of total chlorophyll per cell weight (mg/g) for white light-grown (WL, gray line) and far-red light-grown (FR, black line) cells. (B) Comparison of Chl a (line with crosses) and Chl f (line with dots) per cell wet weight (mg/g) for FR-grown cells.



Table 2. Cell sizes of H. hongdechloris cells grown under different light conditions.

[image: image]

THE INFLUENCE OF VARIOUS LIGHT CONDITIONS ON CELL GROWTH

H. hongdechloris pigment composition has previously been reported to change in response to two light conditions: WL light/20 μE and 720 nm LED light/10–15 μE (Chen et al., 2012). H. hongdechloris cells grow under the all tested orange to red LED lights and also WL light (Figure 3A). However, no growth was observed when cells were grown under green or blue light at intensities of either 10 or 20 μE (data not shown). The growth rates under the white and red light conditions examined vary considerably with an increased growth rate observed in the following order: FR/20 μE ≥ WL/40 μE > OR/20 μE > RL/20 μE based on total chlorophyll content.
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FIGURE 3. Effects of light conditions on the growth profile of H. hongdechloris. (A) Growth profile of H. hongdechloris under different light conditions. Optimal intensities for all red/orange LED lights were 20 μE, but 40 μE for white light. The solid gray line and equation denotes the trend line of linear regressions of the logarithm of total chlorophyll concentration in the exponential phase under the FR/20 μE condition. A insert: Comparison of the trend lines of linear regressions of the logarithm of total chlorophyll concentration in the exponential phase for cells grown under different light conditions. FR, far-red; OR, orange-red; RL, red light and WL, white light. Error bars represent SDs (n = 8). Effects of (B) FR and (C) WL light intensities on the growth rate of H. hongdechloris. Error bars represent SE (n = 8).



The highest growth rate (k) of ~0.17 ± 0.01 day-1 was obtained under either FR/20 μE or WL/40 μE (Figures 3B,C). However, the shape of growth curve and the maximum chlorophyll content at stationary phase are different under the two light conditions. Under WL/40 μE, the H. hongdechloris culture reaches stationary phase at ~11 days after a relatively short exponential phase of ~7 days, resulting in a significantly lower biomass (based on total chlorophyll content) compared with cultures grown under red light conditions. Under FR/20 μE and other red light conditions, the exponential growth phase was extended to >15 days and the maximum chlorophyll content of ~26 mg ml-1was achieved (Figure 3A). Surprisingly, the growth rate decreased sharply when the light intensity was increased above 30 μE for FR light and 50 μE for WL light (Figures 3B,C). The lowest growth rate of ~0.08 ± 0.01 day-1 was observed when the FR light intensity was increased to 60 μE, the highest light intensity using the available LED light source in the laboratory. No cell growth was detected when WL light intensity was increased to 80 μE or greater (Figures 3B,C). These data suggest H. hongdechloris prefers a low light intensity and to use FR light for growth.

THE INFLUENCE OF VARIOUS CULTURE CONDITIONS ON CELL GROWTH

Understanding the impacts of environmental as well as other physico-chemical parameters are important for a newly purified cyanobacterial culture. Effects of pH, temperature, and salinity on the cell growth are shown in Figure 4. The cells grew at temperature ranges from 20 to 39°C with a best k of 0.17 ± 0.02 day-1and t of 4.2 ± 0.4 days were obtained at 32°C, which was assigned as the optimal temperature (Figure 4A). No significant reductions were observed when the temperature was reduced to 27°C or increased to 39°C (F(2,21) = 1.07, p = 0.3617).
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FIGURE 4. Effects of (A) temperature, (B) pH, and (C) salinity on the growth rate of H. hongdechloris. Error bars represent SE (n = 8).



The optimal pH for H. hongdechloris culture was determined to be pH 8 (k = 0.16 ± 0.02 day-1, t = 4.4 ± 0.4 days; Figure 4B). Cells died in acidic (pH ≤ 6.0) media conditions (Figure 4B); however, they were tolerant of alkaline media conditions up to pH 10, the highest pH tested in this study, although the growth rate is much lower than the cells under optimal pH conditions (Figure 4B). These data highlight the relative acid sensitivity of H. hongdechloris.

Variations in salinity impact a cell’s ability to absorb water and nutrients from the medium (Moisander et al., 2002). Culturing of H. hongdechloris in different salinities revealed the best k of 0.17 ± 0.02 day-1 (t = 4.2 ± 0.4 day) is obtained in 1× salinity of natural seawater (33‰(w/v) artificial sea salt); however, similar growth rate was observed in seawater salt concentration between 25‰(w/v) and 67‰(w/v); (Figure 4C). H. hongdechloris exhibited resistance to the changes in salinity ranging from 8 to 133‰(w/v); however, it cannot survive in the K + ES fresh water medium or salinity higher than 167‰(5 × the salinity of natural seawater; Figure 4C).

THE INFLUENCE OF VARIOUS NUTRIENT CONDITIONS ON CELL GROWTH

All nitrogen sources studied were initially provided to H. hongdechloris at 2.35 mM nitrogen content (Table 1). The best growth rate of 0.17 ± 0.01 day-1(t = 4.1 ± 0.4 day) was observed using nitrate (NaNO3) as a nitrogen source, although there were no significant difference among the nitrogen nutrient forms, NH4+, NO2, and NO3 (Figure 5A). NaNO3was used as the best nitrogen nutrient source for H. hongdechloris culture.
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FIGURE 5. Effect of (A) nitrogen source and (B) nitrogen and phosphorus concentration on the growth rate of H. hongdechloris. All concentrations are relative to the concentrations outlined in Table 1. Error bars represent SE (n = 8).



The amounts and ratio of nitrogen and phosphorus are an important correlated requirement for algal culture (Smith, 1983; Stockner and Shortreed, 1988; Dolman et al., 2012). Figure 5B illustrates that growth rates were affected by changing the ratios of N:P (mM:mM)) and the total concentration of nitrogen and phosphorus nutrients. The highest growth rate of 0.22 ± 0.02 day-1 and a doubling time of 3.1 ± 0.2 days were observed when both total nitrogen and phosphorus nutrient concentration were increased fivefold compared with the standard amount in K + ES but the ratio of N:P remained the same, i.e., the best nutrient condition is: 11.75 mM nitrogen in the form of NaNO3, 0.15 mM phosphorus in the form of PO43- and the ratio of N:P is 78 (Figure 5B). Under these conditions, the maximum biomass, calculated based on the rate of total chlorophyll to cell wet weight shown in Figure 2, was >35.7 mg ml-1 (data not shown), which is almost double the biomass observed in cells grown under normal N:P concentrations (Table 1). The imbalance of the ratio of N:P, either <7.8 or >780 inhibited the growth of H. hongdechloris (Figure 5B).

CHARACTERIZED PHYSIOLOGICAL PROPERTIES

Photopigment composition

In vivo absorption spectra of H. hongdechloris cells indicated that Chl a (678 nm peak) and phycobiliprotein (625 nm peak) are the main photopigments in cultures grown under WL, OR or RL conditions (Figure 6). The absorption spectral profiles are similar to most other typical cyanobacteria using Chl a and phycobiliproteins. Further HPLC analysis confirmed that no detectable Chl f existed in cultures grown under WL, OR or RL conditions (data not shown). However, the pigment composition of H. hongdechloris under FR light is unique, having an absorption spectrum indicative of the presence of Chl a (678 nm) and Chl f (730 nm), with a limited amount of phycobiliproteins (Figure 6A), which is consistent with the previous report (Chen et al., 2012). Despite the presence of Chl f in FR light-grown cells, Chl a still remains the main chlorophyll of H. hongdechloris under all light conditions tested (Figure 6A).
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FIGURE 6. In vivo absorption spectra of H. hongdechloris grown under different light qualities (A) and different intensities of FR light (B). Absorption peaks corresponding to carotenoid (495 nm), phycobiliprotein (625 nm), Chl a (678 nm) and Chl f (730 nm) are indicated. A insert: PC index [phycobiliprotein to Chl a ratio (A625-780 nm/A678-780 nm)] of H. hongdechloris grown under different light qualities; FR, far-red; OR, orange-red; RL, red light and WL, white light. B insert: Car to Chl a (carotenoid to Chl a, A495-780 nm/A678-780 nm) and Chl f to Chl a index (A730-780 nm/A678-780 nm) index of H. hongdechloris under different intensities of 730 nm light. All data represent the means of five replicates (n = 5).



To enhance the content of Chl f and the total biomass, different light intensities of FR light were tested and compared with the equivalent intensities of white light. The highest Chl f/Chl a index (A730-780 nm/A678-780 nm) of 0.29 is observed under the FR light intensities of 10–20 μE (Figure 6B). Increased FR light intensities resulted in a decreased Chl f/Chl a index of 0.13 and the increased carotenoids to Chl a index (Car/Chl a, A495-780 nm/A678-780 nm), which may indicate the culture was under high-light stress. Interestingly, the cells grown under WL light showed a more stable pigment content beside the increased Car/Chl a index under increased light intensities. The highest Car/Chl a index of ~1.9 was observed in the cells grown under FR light/60 μE light, suggesting the high-light stressed situation for H. hongdechloris cells (Figure 7B insert). The relatively stable amount of phycobiliprotein and the dramatic changes in Chl f concentration (Figure 6B insert) observed in cells grown under different intensities of FR light suggest that Chl f plays an important role in the capture and use of FR light for driving photosynthetic reactions. Increases in the Car/Chl a index observed in the cells under possible high-light stress agree well with the decreased growth rate for the cells grown under these higher intensities of either FR or WL light (Figures 3B,C). The optimized light condition for H. hongdechloris culture is FR light with lower light intensity of 10–20 μE.
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FIGURE 7. Oxygen evolution rate of H. hongdechloris grown under (A) far-red light (FR) or (B) white light (WL), with either FR or WL light as the incident light source as indicated. Data are based on total chlorophyll content. A insert: oxygen evolution rate of H. hongdechloris cells at 25°C or 32°C with 67 μE white light illumination. (C) The oxygen evolution rate of H. hongdechloris cells grown under either FR or WL conditions based on biomass, using white light as the incident light source. Error bars represent SDs (n = 9).



Photosynthetic activities (photosynthetic oxygen evolution rate)

H. hongdechloris cells grown under FR light and WL light conditions were subjected to oxygen evolution measurements. When WL was used as the incident light source, the FR light-grown cells had a maximum oxygen evolution rate of 23 μmol O2 (mg Chl)-1 h-1 and reached its light saturation point at ~50 μE at 25°C (Figure 7A). However, under the same conditions the WL light-grown cells had a higher maximum oxygen evolution rate of 39 μmol O2 (mg Chl)-1 h-1 and reached its light saturation point at about 90 μE at 25°C (Figure 7B). H. hongdechloris cells cultured in both conditions show lower oxygen evolution rates than typical cyanobacteria (Lee et al., 1998; Gloag et al., 2007; Milligan et al., 2007). Given the slower growth rate of H. hongdechloris, this lower oxygen evolution rate is unsurprising.

When a FR light was used as the incident light source for detecting oxygen evolution, the maximum evolution rate for FR light grown cells is only about 12 μmol O2 (mg Chl)-1 h-1, ~50% oxygen evolution rate using WL as incident light at the equivalent intensity (Figure 7A). White light grown cells did not show any detectable oxygen production under illumination of FR light when the light intensity was <60 μE (Figure 7B). This result suggests that Chl f in H. hongdechloris plays an important role in capturing FR light and transferring the energy to the reaction center for photosynthetic activity. As reported in Figure 2, the chlorophyll content in WL light-grown cells is lower than that in FR light grown cells (Figure 2A). Taking this parameter into account, a similar maximum oxygen evolution rate of about 35–40 μmol O2 (cell weight g)-1 h-1 is observed for cells grown under both light conditions (Figure 7C) when using WL as the incident light. The oxygen evolution rate is almost doubled when the measurement temperature is increased from a standard 25 to 32°C (Figure 7A insert), which is in agreement with the optimized H. hongdechloris culture temperature (Figure 7A).

The morphology of H. Hongdechloris grown under various light conditions

Different wavelength pass filters were applied for detecting the fluorescence generated from different photopigments using confocal fluorescence microscope. The fluorescence detected by an emission band pass filter of 600–680 nm is mainly generated from phycobiliproteins (Blankenship, 2002; Collins et al., 2012), and the fluorescence detected using a 692 nm long pass filter is largely due to the presence of Chl f. Strong >692 nm fluorescence was only observed in H. hongdechloris cells grown under FR light, and not in the cells grown under WL, OR or RL light (Figure 8A). This >692 nm fluorescence observed from FR light-grown cells was distributed evenly around the peripheral thylakoid membranes (Th) of the cells, suggesting that Chl f-binding protein complexes are also distributed through these membranes (Figure 8B). Using the emission band pass filter (600–680 nm), strong and uniform fluorescence was observed in cells grown under white, orange-red or red light. However, the fluorescence recorded using this filter was much weaker for the cells grown under FR light; and strikingly, the strongest fluorescence was localized at the septa region. This phenomenon was also observed in our previous report (Chen et al., 2012). Both 600–680 nm and >692 nm fluorescence patterns for white and OR light grown cells overlayed well with one another; however, for FR light grown cells, a clear inverse pattern of fluorescence was observed (Figure 8B).


[image: image]

FIGURE 8. Confocal fluorescence images of H. hongdechloris cells grown under different light conditions. Autoflourescence of cells excited with 458 nm light were collected using either a 600–680 nm band-pass filter or a 692 nm long-pass filter (>692 nm). (A) Confocal fluorescence images of cells grown under WL, FR, OR, or RL light. All data were collected using identical laser intensity and gain settings. Bar = 10 μm. (B) Confocal fluorescence images of cells grown in WL, OR, or FR light conditions. Fluorescence emission at 600–680 nm was detected uniformly around the periphery of cells grown in other selected lights whereas in FR light grown cells this fluorescence was concentrated in the septa. Intensities of the different fluorescence wavelengths along the axis of the dotted arrows in the overlay are plotted in the lower panel. Different laser intensities and gain settings were used in order to collect normalized fluorescence intensities. Bar = 5 μm.



Comparison of the ultrastructure of H. hongdechloris grown under either WL or FR light demonstrated no obvious difference in cell morphology, apart from a slight difference in the thicknesses of appressed Th (Figure 9). The cells grown under WL demonstrate that phycobilisome-like structures are uniformly distributed along the Th (white arrows in Figures 9B,C). The Th in the FR light grown cells were more appressed, which seems likely consistent with the reduction in the amount of phycobilisomes between the Th (Figure 9A). Conversely, the phycobilosome-like structures can be only observed between the plasma membrane and Th in the cells grown under FR light (Figure 9A). Under both FR and WL light conditions, cells have a filamentous structure surrounded by a fibrous sheath (fs)-like layer with a thickness of 0.08–0.15 μm (n = 200) and a peptidoglycan layer (Pg) shared between the cells. No branching was observed (Figure 9).
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FIGURE 9. Transmission electron micrograph of ultrathin section of H. hongdechloris cells grown under white and far-red light conditions. (A) Cross section of a cell grown under FR light; (B) Cross section of a cell grown under white light; (C) Longitudinal section of the intersection (septum region) between filamentous cells grown under white light. White arrows indicate phycobilisome-like structures filling the stromal side of the thylakoid membranes (Th). Pg, peptidoglycan layer; fs, fibrils sheath and Cm (black arrows), cytoplasmic membrane. Bar = 0.2 m.



DISCUSSION

In liquid culture, H. hongdechloris has a propensity to attach to surfaces and to aggregate. This strong adhesion creates difficulties for cell counting and other measurements. Cells used in this study were homogenized before inoculation in order to obtain an equal number of cells at the start of each experiment (total chlorophyll concentration of 3.4 ± 0.4 μg/ml). A consequence of this homogenization process is some apparent damage to the cells that contributes to the lag phase after inoculation (Figure 3A). To avoid the effects of this reduction, growth rate was only calculated using the data collected from exponential phase, where more than six measuring points are recorded. All growth curves presented in this study start from day three after lag phase. The coefficient of determination, R2, was over 0.95 in most of the conditions, which represents over 95% of data that is closest to the line of best fit. The statistical analysis indicates that the calculation of growth rate is reliable. Furthermore, the reproducibility of the results is confirmed by the consistent doubling time of the control treatment, which was always in the range of 4.1–4.4 days (n = 10) throughout the whole study.

All growth curves are generated from at least two biological repeats and four technical repeats, and each set of measurement requires minimum five weeks for completion. Such time-consuming experiments forced us to design one-way optimizing strategy, that is, we tested one environmental element at once and used the optimized condition for the next test (Figure 1). Comparison of the maximum biomass based on the total chlorophyll under a particular test condition may not be an appropriate method since we observed a difference in the total chlorophyll present in cells grown under FR light compared to WL light (Figure 2). However, the measured growth rate should be reliable as there is a linear relationship observed between total chlorophyll content and biomass under the same light conditions, and therefore chlorophyll content can be used as a proxy measure for biomass for each light condition. Additionally, there were no observable differences in the cell size or filamentous features from the cells cultured under different light conditions (Table 2 and Figure 8).

The decreased amount of total chlorophyll per gram cells under WL light conditions (Figure 2) is likely complemented by the dramatically increased amount of phycobiliprotein, compared with the higher chlorophyll content in the FR light grown cells. With the aid of phycobiliprotein to capture light under WL, OR or RL conditions, cells are unlikely to require as much chlorophyll as that which is needed under the FR light environment, beyond the phycobiliprotein absorption region. The mechanism of this pigment adaptation process remains undefined.

Pigment analysis of cell cultures grown under different light qualities demonstrate the increase in the PC index [phycobiliprotein to Chl a ratio (A625-780 nm/A678-780 nm)] for the cells grown under OR, RL or WL light, and the decrease of Chl f composition in total chlorophyll relative to FR light grown cells (Figure 6A insert). These results strongly suggest that H. hongdechloris acclimates to the shifted accessible light environment by varying the pigment composition. The experiments using a mixture of OR light/10 μE and FR light/10 μE light were also performed in order to investigate the effect of expanding the photosynthetic active spectral region from 600 to 750 nm. In this OR+FR light condition, H. hongdechloris retain both Chl f and phycobiliproteins (data not shown). However, the PC index decreased to around 0.5 ± 0.03 compared with that of cell grown under OR light/20 μE (0.62 ± 0.04) and Chl f/Chl a index decreased to about 0.20 ± 0.02 compared that of cell grown under FR light/20 μE (0.29 ± 0.03). Surprisingly, the coexistence of phycobiliproteins and Chl f does not appear to benefit H. hongdechloris growth with an even slower k of 0.11 ± 0.01 day-1compared to the k of 0.13 ± 0.01 day-1 when using OR light/20 μE or the k of 0.17 ± 0.01 day-1 using FR light/20 μE light. The results suggest that the main light harvesting strategies of H. hongdechloris grown under FR light compared with <700 nm light are different and not complementary corresponding to one another. Although the light-harvesting strategy of H. hongdechloris is currently undefined, our data presented here indicates that H. hongdechloris uses phycobiliproteins as its major antenna component when grown under light sources <700 nm, but uses Chl f to access light beyond 700 nm (i.e., grown under FR light). The relatively stable content of Chl a in H. hongdechloris under different light conditions strongly suggests that Chl a is the main photopigment in the photosystem reaction centers, although further experiments are required to confirm this hypothesis.

Previous results show that Chl f is a FR light induced chlorophyll (Akutsu et al., 2011; Chen et al., 2012) and phycobiliprotein contents increased dramatically in cell grown under WL, RL or OR light, which indicates photoacclimation between phycobiliproteins and chlorophyll-binding light-harvesting protein complexes (Gloag et al., 2007; Bibby et al., 2009). Both results were supported by confocal fluorescence results. Figure 8A illustrates that strong >692 nm fluorescence mainly came from Chl f, which was only detected in FR light-grown cells (Li et al., 2013). The much weaker but still visible >692 nm fluorescence observed in cells grown under WL, OR or RL light is most likely due to the presence of red-shifted Chl a in photosystems (Chen and Scheer, 2013). Fluorescence between 600 and 680 nm was observed strongly and uniformly around the periphery of cells grown under WL, RL or OR light, whereas in FR light-grown cells, this fluorescence was much weaker and concentrated at the septa (Figure 9B). Taken together with the pigment analyses (Figure 6A), the phycobiliprotein remanets in FR light grown cells seem predominantly localized at the septa of the cells or distributed between the plasma membrane and Th (Figure 9B). However, we cannot distinguish the different locations and correlation between phycobiliproteins and chlorophylls due to the resolution limits associated with confocal microscopy.

Halomicronema hongdechloris was isolated from a inner layer sediment of stromatolites which is a light filtered environment. Approximately 97% of light is attenuated through a 3 mm thick microbial mat (Brock, 1976; Al-Najjar et al., 2010). Therefore the light intensity inside stromatolites is expected to be extremely low, especially in the visible light spectral region. The photosynthetic microbial communities thriving in these unique niches have developed a capacity to flourish in such extreme light environment, which is consistent with the fact that H. hongdechloris prefers a lower light intensity and grows well under FR light.

Figure 4A illustrates that there were no significant reductions in growth rate when cells were grown at 27°C or 39°C compared with the optimal temperature 32°C (F(2, 21) = 1.07, p = 0.3617 > 0.05). However, these cells had approximately a week delay to reach the exponential phase when the temperature was decreased to 27°C (data not shown). In contrast, the cells grown at 39°C showed the similar growth profile as the cells at 32°C, but the growth rate was dropped dramatically after 10 days, without an obvious stationary phase (data not shown). One explanation for this observation is the reduced CO2 solubility in aqueous solution at higher temperature. The solubility of CO2 in water is about 1.45 g/L at 25°C; however, this decreases by more than 30% when the temperature is increased to 40°C (Carroll and Alan, 1992). This reduction in dissolved CO2 may inhibit photosynthetic efficiency. The culture plates have limited volumes and the surface area (2 ml testing culture in 3.6 ml vial), which may result in a limited gas exchange rate leading to a decreased CO2 concentration in the culture medium at higher temperatures.

Halomicronema hongdechloris grows well in 1 × seawater, but also tolerates higher salinity upto 4 × seawater. The initial cells are cultured under 1 × seawater control condition, therefore, the cells inoculated into 4 × seawater may face an osmotic shock. A long lag phase (~2 weeks) was observed, but the cells started to grow after 16 days (data not shown). This phenomenon is also observed in the cells grown in 3 × seawater. The longer lag phase may represent the periods when cells prepare themselves for adapting such hypersaline conditions, albeit only after more than two weeks exposed to the high salt. In other words, H. hongdechloris demonstrates halotolerant characteristics, which is consistent with the feature observed in the Halomicronema strain TEFP, a moderately halophilic cyanobacterium growing within the salinity range of 40–132‰ (Abed et al., 2002). Unsurprisingly, Halomicronema strain TEFP is the closest identified relative of H. hongdechloris based on 16S rRNA classification. Previous studies reported that the ecological niche where H. hongdechloris was isolated (Hamelin Pool, Shark Bay, Western Australia) is hypersaline (Bauld, 1984; Papineau et al., 2005), owing to the restricted exchange of water between the open ocean and the shallow bay and a high net evaporation rate witnessed in the water at low tide during hot season. The reports also showed that several halophilic Archaea have been isolated from Hamelin Pool (Papineau et al., 2005; Goh et al., 2006). These evidences suggest that the microbial communities at Hamelin Pool must be able to adapt to the hypersaline coastal environment, which might explain the high salt tolerance observed in H. hongdechloris.

In this study, we focused on the requirements of H. hongdechloris for inorganic nitrogen and phosphorus. H. hongdechloris biomass reached a maximum of 35.7 mg cell wet weight per ml when the medium was supplemented with fivefold of both nitrogen and phosphorus (Figure 5). Diverse responses to differential nitrogen versus phosphorus concentration were observed. While the negative relationship between H. hongdechloris growth rate and the high N:P ratio of 780 or the low N:P ratio of 7.8 indicated the importance of correlation between nitrogen and phosphorus. Further investigation on the correlation between growth rate of H. hongdechloris and the additional organic form nutrients (carbon and nitrogen) is required.

CONCLUSION

In this study, we optimized the growth conditions for H. hongdechloris, both in terms of growth kinetics and Chl f content. We suggest the best culture conditions for H. hongdechloris, with a growth rate of 0.22 ± 0.02 day-1, are: FR light with an intensity of 20 μE, at 32°C, pH 8.0, salinity of 33‰ in modified K + ES seawater medium with increased nitrogen and phosphorus concentrations of 11.75 mM and 0.15 mM, respectively. H. hongdechloris cells are halotolerant, and do not grow in fresh water medium (salinity of 0‰). Sodium nitrate is the most favorable nitrogen sources among the tested inorganic nitrogen compounds. The greatest yield of Chl f is ~10% of the total chlorophyll under these assigned optimal culture conditions. The cells grown under WL, OR and RL light showed a very similar content of phycobiliprotein with a PC index of ~0.6. Fluorescence confocal microscopy reveals an unusual distinction in the distribution pattern of phycobiliproteins in Chl f-containing cells compared with those cells that do not have detectable Chl f. This result is supported by transmission electron microscopy analysis which shows a reduction in the number of phycobilisome-like structures present in a transverse section of Chl f-containing cells compared with cells that do not have Chl f. Different active O2 evolution was observed between Chl f containing FR light-grown cells and WL light-grown cells, when illuminated by FR light, which confirms the spectral expansion of oxygenic photosynthesis afforded by the presence of Chl f in H. hongdechloris.
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Car, carotenoid; Chl, chlorophyll; Cm, cytoplasmic membrane; FR, far-red light; fs, fibril sheath; H. hongdechloris, Halomicronema hongdechloris; HPLC, high performance liquid chromatography; k, growth rate; LEDs, light emitting diodes; N, nitrogen; OR, orange-red light; P, phosphorus; PC index, the relative amount of phycobiliprotein to Chl a ratio; Pg, peptidoglycan layer; PS, photosystem; R2, the coefficient of determination; RL, red light; t, doubling time; Th, thylakoid membranes; WL, cool white fluorescent light or white light.
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Approaches and targets Reference

BREEDING

NPQ Jung and Niyogi (2009)

PSII photoinhibition Jansen et al. (2010)

Unknown regulators of photosynthesis-associated traits Fujimoto et al. (2012)

GENETIC ENGINEERING

Modification/exchange of light-harvesting systems Reviewed in: Blankenship et al. (2011)
Overexpression of endogenous or heterologous proteins Chida et al. (2007), Pesaresi et al. (2009)
Inactivation of (wasteful) regulatory processes Pribil et al. (2010)

SYNTHETIC BIOLOGY

Redesign of photosensitive photosystem subunits This study

Novel single-subunit photosystems without assembly This study

Novel pigments introduced by synthetic amino acids This study

Whereas breeding and genetic engineering exploit pre-existing intra- and interspecific variation, respectively,
entirely novel amino acids, genes, proteins and pigments can be employed in synthetic biology approaches.
By some definitions, the exchange of entire light-harvesting systems can be considered to lie within the
ambit of synthetic biology.
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Position in field R/FR

Outside 1.413+0.002
25m 1.351+£0.012
22m 0.483+0.068
1.5m 0.561+0.147
0.2m 0.400+0.070

The ratio has been calculated from integration of the values measured in the wave-
length ranges 655-665 (R: red) and 725-735 (FR.: farred) nm. Results represent
means of three measurements, standard deviation is given.
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xray uar Mao VK DMNQ Ref
o 3 o 3 o G o [ o e var
1234 1227 1223 1227 1223 1282 1280 1233 1220 1232 1229 1236
1232 1238 1231 1238 1231 1236 1231 1236 1220 1236 1229 1237
1404 1366 1364 1367 1364 1355 1355 1405 1405 1406 1405
1419 1354 135 1354 1354 1357 1355 1363 1361 1362 1360
AaMEOHBOND
N-O 2837 2837 2846 289 2856 2878
NH 104 1014 1014 1013 1013 1013 1014
NH-0 1912 1894 1886 1.907 1883 1883 194 £0.11
LNHO 1502 1533 186.7 1644 1599 166.7 w7 £7
LcoN 1815 1270 1259 1274 1257 1241
LcoH 1834 1287 1283 1326 1280 128.1
HisM2I9H-BOND
N-O 2788 2868 2865 2829 2832 2831
NH 1020 1020 1,020 1019 1,020 1020 1017
NH-0 1788 1840 1845 1810 1815 1812 1794014
LNHO 1662 1768 77 1788 3 1782 170£6
Lco-N 1984 14041 139.7 1374 1384 1378
LCOH 1406 1394 1392 1374 1875 1373
Ci=O-Fe 6832 674 6715 6627 6602 6637
LTl 30 mae M7 na7 M
Cpdhecral 671 253 -89 265 101
Cydhedral 1095 1505 1286 1506 1231

Bond lengths and angles from the 1ALJ crystal structure (Stowell et al. 1997) are also listed. Distances are in A and angles are in degrees. The C, and Gy methoxy
group dihedral angles are defined as the Cs-Cy-O-CHs and Cy-Ca-O-CHs dihedral angles from Sinnecker et al. (2006),
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Unlabeled 180 labeled

v 1 Potential energy distribution v 1 Av  Potential energy distribution

DMNQ 1654 235 C 631 32 2 28), C5=Cs (22), C=Cs (10)

VK 1652 224 C 628 29 2 0 (32), Cs =Cs (16), C;=Cs (6)

oa 1846 254 C 1813 264 3 80)

MQy 1666 209 C 831 2m 35 )

uay 1663 185 C 1629 187 3 ©2)

DVMNQ 1644 108 C4=0 (60} 1625 199 19 (26, ~C1=0 (21).C5 = C6 (8],
Cr o

3 1642 107 C4=O(60) 1624 188 18 (29), ~C1=0 (18], C5=Cs (8),
o

oQ 1632 181 ®3) 1899 144 3 ®1)

MQo 1627 270 (70), ~C2=C3 (8) 1587 265 40 (63), C2=C (9), ~Cs=Cs (5)

uay 1626 305 68), ~C2=C3 (9) 1586 249 0 (65), €2 = C3 (7),~Cs=Cs (6)

DMNQ 1617 59 Cs=Cs (61) —C4=08) 1604 54 3 ) ~C4=0 (25), ~C1=0 (14}

VK 1611 54 Cs=Cg (60), ~Ca=0 (8) 1600 52 n ) ~Ca=0 (20}, ~C1=0 (14)

oQ 1860 1 C2=Cs (32), Cs=Cs (28) 1860 0 0 Cs=Cé (29), Cz=Cs (33)

MQo 1657 20 Cs=Cs (52), Co=Ca (15) 1657 8 0 Cs=Cé (49), C;=Cs (13)

uay 1653 26 Cs=Cg (@5), Co=Cs 19) 1654 18 -8 s (44), Cp=Cs (17)

DMNQ 1591 93 C=Cuom (55) 1586 181 5 C=Curom (43),-C4=0 (13), C1=0 (10}

VK 1691 96 C=Carom (54),-C4=0 (5) 1585 186 6 C=Caom 40), ~C4=0 (14),

pa 1620 55  C5=C6(38), —Co=Cs (33) 1620 56 0 Cs=Cs (37), ~C=Cs (34)

MQ, 1601 293 . ~Cs=Cs (19), Ca=0 (12), 1609 273 -7

uay 1601 275 Cy=Ca (36), ~Co=Cs (18), C4 =O (14), 1609 308 -8 C=Cs (37), ~C4=0 (13), ~C5=Cs (15),

—C, =06 ~C2-0 (10)

Frequency shifts upon 'O labeling are also fisted. Negative signs in the PEDS refer to the relative phase of vibration of the interal coordinates. Only internal
coordinates that contribute at least 5 % are shown. Mode frequencies were scaled by 0.9718.
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Unlabeled 13C labeled

v 1 Potential energy distribution v 1 Ay Potential energy distribution
VK 1652 224 €1=0 (69 1609 227 a3 €1=0(73)
1642 107 €4=0 (60 1598 16 2

1611 54 Cs
1691 9%

(60), ~C.
Carom (64), ~Ca

1555 a3 56
1537 67 54

Carom (55

Frequency shifts upon 'C labeling are also listed. Negative signs in the PEDS refer to the relative phase of vibration of the intermal coordinates. Only internal
coordinates that contribute at least 5% are shown. Mode frequencies were scaled by 0.9718.
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Name Genecode  Protein Function/pathway Signal Network  TRXtarget  Phosphorylation  Reference

family/domain peptide site
L.
PsbO1 A1506570  OEC Subunit of PSIIOEC  Sec c Yes - Murakani etal. (2005)
Psb02 A3g50820  OEC Subunitof PSIIOEC  Sec c Yes - Murakami etal. (2005)
PsoP1 Atig0ses0  OEC Subunitof PSIIOEC  Tat c Yes Yes Yietal. 2007), lfuku etal. 2008)
PshQ1 Aug21280  OEC Subunit of PSIIOEC  Tat c - - Yietal. (2006)
PsbQ2 Atg5180  OEC Subunit of PSIIOEC  Tat c - Yes Yietal. (2006)
PSB27 AtIg03600  PSB27 D1 processing Tat c - - Chen etal. (2006)
LPAIY Atig05385  PSB27 D1 processing Tat - - - Wei etal. (2010)
TLPIB3  ANg54780  Acidphosphatase  Degradation of D1, Sec c - - Sirpio etal. (2007), W etal. 2011)
dimerization of PSII
TL2APXA  AQOI0I0  Peroxidaselive  Associated with PSII  Tat c Yes - Granlund etal, (2009b), Lundoerg etal. (2011)
HCFI36  Asg23120 - Assembly of PSII Tat R - - Meurer etal. (1998), Plucken etal. (2002)
CYPag At3g01480  PPlase Assembly of PSII Sec R Yes - Fu etal. (2007), Sipio etal. (2008), Vasudevan
etal. (2012)
FKBP20-2 At3g60370 PPlase Assembly of PSII Tat R Yes - Lima etal. (2006)
PRLI A3g55330  OC, PsbPlike  Assembly of OEC Tt R - - Ishihara etal. (2007)
CpA At5g46390  Peptidase Processing of D1 Sec R Yes - Anbudurai etal. (1994)
CipA AugI7THO  Peptidase Processing of D1 Sec R Yes - Anbudurai etal. 1994)
CioA At3g57680  Peptidase Processing of D1 No - - - Yin etal. (2008)
Degl A3g27925  Protease Degradation of D1 Sec R Yes - Kapri-Pardes etal. 2007), Sun etal. 2007),
Kiey etal. (2011)
Degs AUgIB370  Protease Degradation of D1 Tt - Yes - Sun etal. (2007)
Deg8 At5g39830  Protease Degradation of D1 Tat R - - Sun etal. (2007)
B
A15g64040  PSI Subunit of PSI Tat c Yes Yes Haldrup etal. (1999)
AdgIss10  OEC,PsbPike  Assembly of PSI ot R - - Liuetal. 2012)

FKBP13 At5g45680  PPlase Assembly of cytb6f  Tat R Yes - Gupta etal. (2002a), Gollan etal. (2011)

PNSLI/PPL2 At2g39470  OEC, PsbPlike  Subunit of NDH Tat R - - Ishinara etal. (2007)
PNSL2 At1g14150  OEC, PsbQiike  Subunit of NDH Tat R - - Suorsa etal. (2010), Yabuta etal. (2010)
PNSL3 At3g01440  OEC, PsbQrike  Subunit of NDH Tat R - - Suorsa etal. (2010), Yabuta etal. (2010)
PNSL4/FKBP162  Atdg39710  PPlase ‘Subunit of NOH Tat R - - Peng etal. (2009)
PNSLS/CYP202  At5g13120  PPlase ‘Subunit of NDH Sec - - - Romano etal. (2004a), Shapiguzov etal. (2006),
Peng etal. (2009), Sirpio etal. (2009)
PaL3 A2901918  OEC, PsbQiike  Subunit of NDH Tat - - - Yabuta etal. (2010)
Photoprotection Ly
VOE At1g08550  VDE, lipocalin Xanthophyll cycle Sec - Yes. - Niyogi etal. (1998), Amoux etal. (2009)
enzyme.
CcHL At3g47860  Lipocalin Prevent lipid Sec - - - Levesque-Tremblay etal. (2009)
peroxidation
omen ey
PETE2 At1g20340  Plastocyanin Electron transport Sec c - - Weigel etal. (2003), Pesaresi etal. (20095)
PETET AtIG76100  Plastocyanin Electron transport Sec c - - Weigel etal. (2003), Pesaresi etal. (20095)
PRXQ At3g26060  PRXQ-like Antioxidant? No - Yes. - Petersson etal. (2006)
Signaling?
PPDS, At5g11450  OEC, PsbPlike  Strigolactone Tat R - - Roose etal. (2011)
biosynthesis
Cytees At5045040  Dithio- Oxidizing lumenal Sec - - - Gupta etal. (2002b), Weigel etal. (2003),
cytochrome proteins Pesaresi etal. (20095)
cs26 At3g03630  Cysteine S-sulfocysteine No - - - Bermudez etal. (2010), Bermudez etal. (2012)
synthase synthase

Thylakoid lumen proteome in Arabidopsis comprises of about 80 proteins of which half has  functionally verified role. Network based on Ifuku et al. (2010). R, regulatory protein; C, constitutively expressed protein.
TRX target proteins based on Lindah! and Kieselbach (2009) and Hall etal. (2010).
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A. Modified K + ES seawater medium

Major nutrient (mM)

Iron (nM)

Vitamin (png/L)

Trace minerals (ng/L)

pH

NaNO3
KoHPO4
Fe-Mn-EDTA
Thiamine HCI
Biotin

B12
MnCly-4H,0
ZnSQO4- 7H,0
CoS0O4- 7H,0
NazMOQO4-H,O
CuSQO4-5H,0
TES? (pH = 8.0)

2.35
0.03
7.2
200
1.5
1.5
178
2.3
1.2
7.2
2.5
25 mM

B. Culture condition

Light quality
[llumination time (h)
Light intensity (WE)
Temperature (°C)

Salinity (%)

Farred light?
Continuous (24 h)
20
32
33°

ATES is  2-[[1,3-dihydroxy-2-(hydroxymethyl)propan-2-yllaminojethanesulfonic

acid.

bS/’ng/e wavelength light emitting diodes (LEDs) 730 nm with 20 nm half width
and viewing angle 30° (Nanning Lvxing Light Electronics Co., Ltd., China).
CThe sea salt concentration of 33.3 g in 1 L water is equivalent to 1 x natural

seawater.
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Light conditions

White (WL) Far red (FR) Orange red (OR) Red light (RL)

Cells Size Length 1.81 £ 0.20 (n = 100) 1.86 + 0.23 (n = 100) 1.80 £ 0.13 (n = 100) 1.79 £ 0.25 (n = 50)
Width 0.86 £ 0.12 (n = 100) 0.88 % 0.06 (n = 100) 0.88 + 0.07 (n = 100) 0.87 £ 0.08 (n = 50)
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Inital culture conditions (Table 1)

white light

10 - 100 uE

Best light conditions

Temperature pH Salinity
20-39°C 6.0-10.0 | |0 - 10 time seawater|

Optimal culture conditions

Nitrogen nutrients Nitrogen (N) || Phosphorus (P)|| Ratio of N:P
NO,, NO_, NH,*, nutrients nutrients (mM: mM):
2.35-23.5mM| 0.03-0.3mM 7.8-780
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