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Editorial on the Research Topic
 The Wildlife Gut Microbiome and Its Implication for Conservation Biology



It has long been recognized that microbial symbionts can affect hosts in many ways [e.g., (Turnbaugh et al., 2006; Frank et al., 2007; Wen et al., 2008; Engel and Moran, 2013)], and in recent years much emphasis has thus been put into understanding the importance of microbiomes of animals. This has happened together with the advancement in high-throughput sequencing, which has made it feasible and economically viable to identify microbiomes among and within hosts [e.g., (Caporaso et al., 2012)]. These factors together, paved the way for a new area of research in conservation biology focusing on the importance of host-microbiome associations for endangered species and importance for conservation efforts. Early studies highlighted the importance of the host-microbiome for conservation efforts (Amato et al., 2013; Jani and Briggs, 2014) and in the years after a number of studies have addressed the conceptual aspects of the host-microbiome and conservation efforts (Bahrndorff et al., 2016; Stumpf et al., 2016), which was further elaborated on in more recent papers (Jiménez and Sommer, 2017; Hauffe and Barelli, 2019; Trevelline et al., 2019; West et al., 2019). Since then, the number of studies that have addressed different aspects of host-microbiome associations and conservation efforts has almost been exponentially increasing (“Conservation” and “Microbiome” as keywords in Web of Science). This has led to a tremendous amount of data on host-microbiomes across multiple host phyla [e.g., (Zhu et al., 2011; Bourne et al., 2013; Jani and Briggs, 2014; Cheng et al., 2015; Galac et al., 2016; Chen et al., 2017; Bahrndorff et al., 2020)]. Many of these studies have typically looked at host-microbiomes of endangered species and comparing groups that are affected or not by anthropogenic disturbances (e.g., comparing animals from the wild with individuals held in captivity, groups exposed to habitat fragmentation, or dietary shifts) (Menke et al., 2017; Jia et al., 2018; Han et al., 2019; van Leeuwen et al., 2020). From these studies, it is clear that anthropogenic disturbances will in most cases affect the host-microbiome, but it is often unclear how and if hosts are affected by such changes.

The aim of the Frontiers in Microbiology Research Topic “The Wildlife Gut Microbiome and Its Implication for Conservation Biology” was to collect state-of-the-art articles on wildlife gut microbiome composition and function, and importance for conservation biology. We hereby provide an overview of this Frontiers in Microbiology topic, which includes 18 original articles and 3 review articles.


REINTRODUCTION AND IMPORTANCE OF HOST-MICROBIOMES

One of the effective strategies to conserve endangered species with small population sizes is through reintroduction of individuals kept in captivity into the wild. This can introduce some challenges as the captive animals are often kept under conditions that can be very different compared with their natural environments (e.g., different diets). The animal gut microbiome plays an important role in nutrition intaking and host health, and can increase the ability to adjust from conditions under captivity to natural conditions. Several papers address these important issues in this special issue (e.g., Sun et al.; Tang G-S. et al.; Tang L. et al.; Yang et al.; Prabhu et al.; Ning et al.). In most studies there is a clear effect of keeping animals in captivity or from domestication. However, what is particularly interesting is the fact that responses are species specific, and that some species show a less diverse microbiome when held in captivity and the opposite for other species (e.g., Tang G-S. et al.; Tang L. et al.; Sun et al.). For example, Tang et al. find that individuals of the endangered crocodile lizards (Shinisaurus crocodilurus) held in captivity had an increased community richness compared to wild populations.

The fact that being held in captivity affect host-microbiome associations and also the functional role of the microbiomes suggests that release programs should address the microbiomes before individuals are being located into the wild again. With focus on host-microbiomes of individuals being released into the wild it is possible to increase the likelihood of successful release. This is exemplified by Yang et al. showing an effect of prerelease diet training on the microbiome and fitness of the endangered Yangtze sturgeon (Acipenser dabryanus) after releasing into the wild environment. The key point in this study is the natural diet training for these translocated individuals, that may benefit for their local adaptation.



HOST-MICROBIOMES AND THEIR FUNCTIONAL ROLE

The close association of hosts and their microbiomes has naturally resulted in a number of studies addressing the functional role of the microbiome [e.g., (Bahrndorff et al., 2018; Antwis et al., 2019; Guo et al., 2019; Wang et al., 2019)], adding much-needed information to the ecological aspects of conservation biology. In the present topic many of the studies address the functional role of the host-microbiomes (e.g., Ning et al.; Tang G-S. et al.; Tang L. et al.; Sun et al.). This is particularly interesting from a conservation point of view as this may help explain for instance the poor reintroduction attempts of endangered species. For example, Sun et al. shows that the bacteria of wild individuals of the alpine musk deer (Moschus chrysogaster) are enriched for genes involved in e.g., enzyme digestion of cellulose. Similarly, Ning et al. compare the gut microbiome composition and function between individuals held in captivity and wild populations of a large carnivore (Amur tiger Panthera tigris altaica). They find a significant difference in the gut microbiome and metagenome, and analysis further reveals 12 KEGG pathways (e.g., immune system and cell mobility) that are enriched in the wild population gut microbiome, but only two pathways are enriched in the captive population gut microbiome. The difference in the diet and living environment may explain the difference in the gut microbiome of Amur tiger in this study.



ENVIRONMENTAL VARIABLES AND THE EVOLUTION OF HOST-MICROBIOME ASSOCIATIONS

Environmental variables are important in determining species composition and distributions, but may also affect host-microbiome associations (e.g., Prabhu et al.; Schellenberg and Clarke; Kivistik et al.; Sepulveda and Moeller; Zhu et al.; Zhu et al.). Host-microbiome associations may also prove particularly relevant for organism's ability to adapt to changes in environmental conditions as the microbiome can affect host phenotypes and since bacteria will respond to environmental changes on a much shorter timescale compared to the host. For example, Sepulveda and Moeller discuss how temperature affects host-microbiomes and how extreme events may affect the host phenotype, and Zhu et al. find that duration and thermal acclimation temperature significantly affect the microbiome of the Chinese giant salamander (Andrias davidianus). Kivistik et al. test the importance of salinity on the bacterial community of Theodocus dluviatilis and the ability of populations to respond to changes in salinity. Together, these results suggest that environmental variables can shape host-microbiomes and affect host fitness. The long-term evolutionary aspects of host-microbiomes is addressed by Becker et al. looking at the gut microbiome community in two Old World vulture species [the Griffon (Gyps fulvus) and the Egyptian vulture (Neophron percnopterus)]. The gut microbial diversity is found to be significantly different between these two vulture species, which may reflect evolved feeding ecologies. The novelty in this study is to reveal the necessity to adjust the captive husbandry based on their wild food composition, although they have a closed phylogenetic relationship. This is important for the recovery plans of endangered vulture species due to the health of reintroduced individuals, but also that recovery plans should include species-specific strategies. The co-evolution between marsupials and their gut microbiomes is also addressed in a review by Chong et al. They highlight the dominance of Firmicutes, Bacteroidetes, and Proteobacteria in the marsupial gut microbiome and that different marsupials display a species-specific gut microbiome, which further supports the effects on the gut microbiome by host phylogeny.



FUTURE OF WILDLIFE GUT MICROBIOME IN CONSERVATION BIOLOGY

The importance of host-microbiome associations for conservation biology and recent advances in microbiome studies is shown in the published studies of this topic. However, the advances in host-microbiome studies also raises new issues and questions, such as the importance of sequencing depth, bioinformatic analyses, and quality of databases, which for example can affect the ability to identify and predict the functional role of bacteria. While many studies are, and will also be in the future, use marker-based sequencing approached (for many good reasons), whole-genome approaches may be increasingly used in future studies (e.g., Ning et al.; Sun et al.; Tang L. et al.; Mittal et al.; Roth et al.). Further, a holo-omic framework (Limborg et al., 2018; Zepeda Mendoza et al., 2018) could prove especially useful to further elucidate host-microbiome interactions and the importance of microbiomes for conservation efforts (Roth et al.; Ning et al.). The use of e.g., metagenomics will also lead to further focus on analysis of large datasets and development of new bioinformatic tools (Dong et al.). At the same time, it is clear that we need to go “back to basics,” using traditional microbiological approaches to obtain further knowledge on the functioning of specific strains under more controlled conditions and to promote the applied use of bacteria, e.g., use of probiotics in conservation biology. Further, validation and development of non-invasive sampling techniques for microbiome studies will strengthening the use of microbiome studies in conservation biology. It is also likely that microbiomes will play a larger role in future conservation biology, where the conservation of endangered species will be more dependent on populations held in captivity. Since microbiomes can affect host fitness, an obvious question is also whether such effects may result in changes at the population level affecting demography of endangered species. Altogether, this asks for further large-scale collaborative studies and efforts across research groups and other governmental organizations and NGOs to address and use microbiome research in the conservation of endangered species.
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Iron overload disorder (IOD) affects many wildlife species cared for ex situ. Two of the four rhinoceros species in human care, Sumatran rhinoceros (Dicerorhinus sumatrensis) and black rhinoceros (Diceros bicornis), are susceptible, whereas the other two, white rhinoceros (Ceratotherium simum) and greater one-horned (GOH) rhinoceros (Rhinoceros unicornis), are relatively resistant to IOD. Complex interrelationships exist between mammalian hosts, their indigenous gut microbiota, metabolome, physical condition, and iron availability. The goal of this study was to gain insight into these relationships within the family Rhinocerotidae. Specific objectives were to (1) characterize the gut microbiome and metabolome of four rhinoceros species; (2) compare the microbiome and metabolome of IOD-susceptible and IOD-resistant rhinoceros species; and (3) identify variation in the microbiome and metabolome associated with compromised health or disease in IOD-susceptible rhinoceroses. Fecal samples were collected from 31 rhinoceroses (Sumatran rhinoceros, n = 3; black rhinoceros, n = 6; GOH rhinoceros, n = 9; white rhinoceros, n = 13) located at five facilities, and matched fecal aliquots were processed for microbiome and metabolome analyses using 16S rRNA gene sequencing and nuclear magnetic resonance spectroscopy, respectively. Despite the phylogenetic disparity and dissimilar zoo diets of the hosts, the structure of the fecal microbiota of the two IOD-susceptible rhinoceros species were more closely related to each other than to those of the two IOD-resistant species (Bray–Curtis dissimilarity; IOD-susceptible vs. IOD-resistant p-value < 0.001). In addition, IOD-susceptible rhinoceroses exhibited less microbial diversity than their IOD-resistant relatives (Shannon diversity; p-value < 0.001) which could have health implications. Of note, the black rhinoceros was distinct among the four rhinoceros species with the most divergent fecal metabolome; interestingly, it contained higher concentrations of short chain fatty acids. Neither age nor sex were associated with differences in microbial community composition (p = 0.253 and 0.488, respectively) or fecal metabolomic profile (p = 0.634 and 0.332, respectively). Differences in the distal gut microbiomes between IOD-resistant and IOD-susceptible rhinoceroses support hypotheses that gut microbes play a role in host iron acquisition, and further studies and experiments to test these hypotheses are warranted.

Keywords: black rhinoceros, Sumatran rhinoceros, rhinoceros, iron overload, microbiome, metabolome, microbial diversity, disease susceptibility


INTRODUCTION

Iron overload disease has been identified in a wide range of wildlife species maintained ex situ including birds, tapirs, primates, bats, dolphins, pinnipeds, rodents, rhinoceroses, and lagomorphs (reviewed by Clauss and Paglia, 2012). In the rhinoceros, the term iron overload disorder (IOD) was adopted in 2012 to describe the condition of excess body iron identified post-mortem in the form of excessive organ tissue hemosiderosis in this taxon, and to catalyze efforts to better understand the frequency of progression to disease-states and its role in predisposing individuals to unrelated diseases (Dennis et al., 2012). IOD affects two of the four rhinoceros species maintained in zoos, the black rhinoceros (Diceros bicornis) (Olias et al., 2012; Paglia and Tsu, 2012) and the Sumatran rhinoceros (Dicerorhinus sumatrensis) (Paglia and Tsu, 2012; Roth et al., 2017). Both species are browsers in the wild with diets consisting primarily of shrubs, bushes, leaves, twigs, tree branches, and bark (Hall-Martin et al., 1982; Van Strien, 1986). In contrast, wild white rhinoceros (Ceratotherium simum) and greater one-horned (GOH) rhinoceros (Rhinoceros unicornis) are grazers with grasses making up 100% and over 85% of their diets, respectively (Shrader et al., 2006; Hazarika and Saikia, 2012), and IOD is only rarely reported in these species (Ball and Mueller, 2011; Olias et al., 2012). Because the food of browsers is more difficult to mimic in zoos than that of grazers, suboptimal browser diets have always been suspected to be responsible for IOD in the two IOD-susceptible rhinoceros species. For certain mammalian species, there is some evidence that maintaining a low iron diet offers a practical way to prevent disease progression (Clauss and Paglia, 2012). However, if caretakers follow recommended nutritional guidelines, rhinoceros diets already are inherently low in bioavailable iron so there is limited ability for further reduction. Moreover, dietary iron may not be the primary cause of disease progression. The physiological sequelae resulting from dietary and life-style differences experienced by zoo animals vs. those in the wild may also lead to IOD (Figure 1). For example, black rhinoceroses maintained in zoos have elevated biomarkers of inflammation and decreased insulin sensitivity relative to wild counterparts, suggesting metabolic disturbance (Schook et al., 2015). The analogous condition in obese humans is associated with hyperferritinemia, metabolic changes and even hemosiderosis in some cases (Aigner et al., 2015; Datz et al., 2017).
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FIGURE 1. Schematic of the study’s suggested hypothetical model. When black rhinoceroses are captured, their diet changes from browse to hay, altering their natural microbiome and subsequent nutrient absorption. Additionally, the high nutrient diet and lack of exercise lead to over conditioning, obesity, inflammation, and metabolic disturbance which results in dysregulated iron homeostasis. Transferrin binding sites become saturated with iron which is also increasingly stored in organ tissues (hemosiderosis). Microbial competition in an iron-rich environment alters gut colonization in favor of pathogenic lineages, while more beneficial populations decrease. The resulting microbial and metabolic disturbances lead to greater disease susceptibility, health syndromes and pathologies, ultimately reducing the population’s median longevity. (Photo credits following the flow of the diagram: Renee Fulconis, Cincinnati Zoo & Botanical Garden; Hailee Butler, Cincinnati Zoo & Botanical Garden.)



High iron stores are thought to be associated with heightened infectious disease susceptibility in black rhinoceroses, however, the mechanism remains obscure (Dennis et al., 2012). Although iron stores in the form of hemosiderosis are noted in many tissues of most black rhinoceroses at necropsy (Olias et al., 2012; Paglia and Tsu, 2012), hemochromatosis is seldom reported as the cause of death in this species (Dennis et al., 2007; Olias et al., 2012; Roth et al., 2019). A compilation of United States zoo mortality data over a 16-year period ending in 2007, revealed that 22% of black rhinoceros deaths were due to infectious disease including salmonellosis and tuberculosis (Roth et al., 2009), both of which are more severe in an environment with increased iron availability (Gobin and Horwitz, 1996; Kortman et al., 2012). Over the past decade, 18% of reported black rhinoceros deaths were due to infectious or liver disease (Roth et al., 2019). Both contribute to low median longevity (19 years) experienced by this species when compared to the GOH rhinoceros and white rhinoceros (>30 years) (Survival Statistics Library, 2019). In contrast, gastrointestinal tract disease is more prevalent in white rhinoceroses, and infectious disease is rare (Roth et al., 2019).

To advance our understanding of IOD in the rhinoceros, it is important to clarify the complex relationship between the host, its indigenous microbial populations and iron availability. The mammalian gut is colonized at birth by bacteria which play an integral role in host nutrition, metabolic regulation and immunology (reviewed in Gerritsen et al., 2011). Most of these bacteria require iron for survival, function and proliferation (Andrews et al., 2003). To maintain the delicate balance of a healthy gut microbiota without excessive pathogen proliferation, the body limits the availability of iron to microbes by ensuring free iron is rapidly and tightly bound by host proteins. The gut microbiota competes for iron, and therefore iron availability directly affects population structure (Tompkins et al., 2001; Werner et al., 2011; Dostal et al., 2014). Iron also can enhance microbial virulence (Kortman et al., 2012). In contrast, iron-independent taxa are largely beneficial barrier microbes like those found in probiotics (Weinberg, 1997; Morelli, 2000; Madden and Hunter, 2002) and are out-competed in an iron-rich environment. These interdependencies explain why iron supplementation during an infection often exacerbates the problem (Griffiths, 1999; Zimmermann et al., 2010). In fact, there have been several studies on humans and mice linking the effects of iron overload, iron supplementation and iron insufficiency on the gut microbiome to the physiological health of the individual (Kelly et al., 1987; Tompkins et al., 2001; Zimmermann et al., 2010).

It is unknown if there are changes in the microbiota associated with IOD in rhinoceroses, and if so, whether these changes are a contributor to, or sequelum of, the disease. Since the gut microbiota of rodents and humans has been shown to affect absorption of nutrients, including iron (Reddy et al., 1972; González et al., 2017) and iron-related proteins (Deschemin et al., 2016), it is possible that dysbiosis could directly affect iron availability. Alternatively, microbial community shifts could help explain IOD etiology if they are characterized by the proliferation of pathogens, or loss of beneficial taxa.

The gut microbiota produces metabolites which also play a vital role in organismal health (Flint et al., 2015). For example, short chain fatty acids (SCFAs) produced by microbes from non-digestible carbohydrates are believed to have anti-inflammatory and anti-carcinogenic activity (Hosseini et al., 2011; Vinolo et al., 2011). They also tend to be elevated in the fecal metabolome of obese humans (Patil et al., 2012; Ríos-Covián et al., 2016). It has already been demonstrated that the serum metabolic profile of Sumatran rhinoceroses with symptomatic hemochromatosis differs from that of healthy individuals (Watanabe et al., 2016). However, it is not known if such changes occur as a precursor to or an effect of illness. Serum metabolites may be largely host-generated, whereas the by-products of microbial populations in the gut are better represented in the fecal metabolome (Karu et al., 2018). It is therefore of interest to characterize the fecal metabolome of rhinoceroses to determine if the byproducts of the gut microbiome change in association with IOD.

To shed some light on these complex relationships, the goal of this study was to compare the gut microbiome and metabolome of IOD-susceptible and IOD-resistant rhinoceroses cared for in zoos. The hypothesis was that the microbiome and metabolome of the two IOD-susceptible rhinoceros species would differ from those of the two IOD-resistant rhinoceros species. Specific objectives were to: (1) characterize the gut microbiome and metabolome of four rhinoceros species, (2) compare the microbiome and metabolome of IOD-susceptible to IOD-resistant rhinoceros species, and (3) identify microbiota and metabolomic differences associated with compromised health or disease in IOD-susceptible rhinoceroses.



MATERIALS AND METHODS


Ethics Statement

The Institutional Animal Care and Use Committee of the Cincinnati Zoo & Botanical Garden deemed that, in accordance with the United States Animal Welfare Act, the Public Health Service Policy on Humane Care and Use of Laboratory Animals, and the Office of Laboratory Animal Welfare, this study did not require review and approval. All rhino fecal samples were collected non-invasively from the ground during routine animal husbandry procedures. No animal activities were involved.



Sample Collections

The targeted sample size for this study was six fecal samples from each rhinoceros species, and within each species, a minimum of three males and three females were to be included, except Sumatran rhinoceroses since only three individuals were available in the United States. All five collaborating facilities maintained their rhinos under intensively managed conditions during the sampling period. Animal care staff provided the daily diets and water, visually examined each rhino for health and/or injury, cleaned the enclosures and monitored environmental conditions both indoors and outdoors, giving rhinoceroses access to these habitats according to standard husbandry protocols. Staff at the holding facilities were asked to sample from fresh fecal boluses that were either found in individual rhino enclosures during the morning cleaning routine or collected shortly after an individual rhino was observed defecating. Boluses were broken open and sampled from the middle using a sterile scoop to avoid any environmental contamination. Fecal samples were only to be collected from clinically healthy rhinoceroses that were not being treated with any medication.

Fecal samples were collected from black rhinoceroses (n = 6; three female and three male), white rhinoceroses (n = 13; eight female and five male), GOH rhinoceroses (n = 9; five female and four male), and Sumatran rhinoceroses (n = 3; two male and one female). Rhinoceros ages ranged from 2.5 to 39.5 years. Samples were stored frozen (−20°C) and sliced into two aliquots each exceeding 0.5 g in weight. One set of samples was processed for 16S rRNA gene sequencing and the other set of matched samples was dried by lyophilization prior to metabolomic analysis. Two samples, one each from a GOH rhinoceros and white rhinoceros, were omitted from the final analyses of the 16S rRNA sequencing data due to a high proportion of soil bacteria reads suggesting excessive soil contamination in the sample and failed amplification attempts, respectively. The final list of samples included in the statistical analyses is shown in Table 1.

TABLE 1. Details about the rhinoceroses involved in the study and the general diet composition fed during the sample collection period.
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DNA Extraction

Epicentre Catch-All foam swabs (Illumina, San Francisco, CA, United States) were moistened in sterile water and used to swab aliquots of each fecal sample until the swab tips were visibly stained with feces, yet free of excess debris (such as plant material in the feces). Swab tips were immediately placed into 2-ml screwcap vials (Sarstedt, Numbrecht, Germany) for DNA extraction. All specimens were extracted in one batch using the QIAamp DNA mini kit (Qiagen, Valencia, CA, United States; tissue protocol), according to instructions by the manufacturer, and eluted in 200 μl AE buffer. A tube without fecal material was processed in parallel to serve as a negative extraction control.



PCR Amplification

The V4 hypervariable region of the 16S rRNA gene was amplified by PCR using barcoded universal fusion primers 515 forward (5′-GTGYCAGCMGCCGCGGTAA-3′) and 806 reverse (5′-GGACTACNVGGGTWTCTAAT-3′). The 25-μL PCR reactions were carried out in 96-well plates and run in triplicate using 0.4 μM concentrations of each commercially synthesized primer, 2.5× Hot MasterMix (5 PRIME) and 1 μL of each DNA template. As a negative control, a PCR reaction was also carried out in parallel without DNA template. Thermal cycling conditions consisted of an initial denaturing step of 94°C for 2 min, followed by 30 cycles of 95°C for 30 s, 53°C for 30 s, and 65°C for 30 s, with a final extension step of 65°C for 8 min. Triplicates were pooled and purified using the UltraClean 96 PCR Cleanup Kit per the manufacturer’s protocol (Polz and Cavanaugh, 1998). The Quant-iT High-Sensitivity dsDNA Assay Kit (Invitrogen) was then used to quantify the DNA concentrations of each well (mean = 7.47 ng/ul, range = 0.02–12.7 ng/ul). The amplicons were then pooled in a single tube at equimolar ratios using a liquid handler. This amplicon pool was concentrated by ethanol precipitation, resuspended in 100 uL of molecular biology-grade water (Life Technologies) and gel purified and recovered using a QIAquick Gel Extraction Kit (Qiagen). The Quant-iT PicoGreen dsDNA Assay Kit (Invitrogen) and a Tapestation 2000 instrument (Agilent) were used to quantify the final DNA concentration (16 ng/uL) of the purified amplicon pool. The Agilent Bioanalyzer was used to determine the average size of the amplicon library (389 bp). PCR products and negative controls were sequenced (paired end sequencing, 2 × 250 nucleotides) on a HiSeq 2500 instrument (Illumina) at the University of Illinois, Urbana–Champaign, IL, United States.



16S rRNA Sequence Read Processing

Primer sequences were removed using cutadapt v1.16 (Martin, 2011). Read processing and error correction was performed using the open-source R package DADA2 v1.8 (Callahan et al., 2016a). Quality filtering, error modeling, dereplication, denoising, and merging of paired end reads were conducted using the default parameters. Truncation of forward and reverse reads was performed at 240 and 220 nucleotides, respectively based on visual inspection of the Illumina quality scores. Reads were removed if an Illumina quality score was less than or equal to two, the maximum expected error rate for the forward or reverse read exceeded two, or the forward or reverse read contained an ambiguous base. The sample inference function (dada) was run using the default specification and each sample processed independently precluding the calling of singleton ASVs. Forward and reverse reads were merged after error correction to form an amplicon sequence variant (ASV) table. Chimera removal was implemented using the consensus method provided by the DADA2 function removeBimeraDenovo. Taxonomic classification was performed using the DADA2 formatted RDP v16 reference files. The assignSpecies and assignTaxonomy functions were used to combine exact genus- and species-level matching with an R implementation of the RDP Naive Bayesian Classifier to facilitate optimal assignment. Sequence alignment was performed using the default settings of the AlignSeqs function in the DECIPHER package v2.8.1 (Wright, 2016). A de novo phylogenetic tree was generated using the phanghorn package v2.4 (Schliep, 2011) to first construct a neighbor-joining tree and subsequent maximum likelihood tree with the neighbor-joining tree as the starting point as recommended by Callahan et al. (2016b). Outgroup rooting was accomplished by selecting the longest individual branch. Phyloseq v1.24 (McMurdie and Holmes, 2013) was used to integrate the sample metadata, ASV table, phylogenetic tree, and taxonomic assignments for statistical analyses. A total of 65 and 111 reads and nine ASVs were retained in the negative control samples, respectively. Four of these ASVs were also observed in rhino specimens including an abundant ASV (ASV1) which was classified to the genus Ruminococcus. The other three ASVs were all Proteobacteria and classified as Escherichia (ASV2832), Acinetobacter (ASV3207), and Vampirovibrio (3986) organisms and were detected in ten, four, and six rhino samples, respectively. All four ASVs were retained in downstream analyses as we could not rule them out as true members of the rhino microbiota.



Sample Preparation for Metabolomics Analyses

All dried fecal test samples were weighed (95–162 mg) and transferred into 2 mL tubes containing 2.8 mm ceramic beads (VWR) prior to processing. On the day of processing, 1.5 mL of cold PBS was added to each tube and the samples were homogenized for 30 s at 5000 rpm using Minilys (Bertin Technologies) Samples were then transferred into 2 mL tubes without beads and centrifuged at 10,000 × gn at 4°C for 20 min. Supernatants were filtered at 12,000 × gn for 60 min at 4°C using pre-washed 3 kDa spin filters (NANOSEP 3K, Pall Life Sciences). The nuclear magnetic resonance (NMR) buffer containing 100 mM phosphate buffer in D2O, pH 7.3, and 1.0 mM TMSP (3-Trimethylsilyl 2,2,3,3-d4 propionate) was added to 540 uL of fecal filtrate. The final sample volume was 600 uL and final TMSP concentration in each sample was 0.1 mM.



NMR Spectroscopy Data

The experiments were conducted using 550 μL samples in 103.5 mm × 5 mm NMR tubes (Bruker Analytik, Rheinstetten, Germany). One-dimensional 1H-NOESY NMR spectra were acquired on a Bruker Avance II 600 MHz spectrometer. All data were collected at a calibrated temperature of 298K using the noesygppr1d pulse sequence in the Bruker pulse sequence library. Experiments were run with 4 dummy scans and 256 acquisition scans with an acquisition time of 3.4 s and a relaxation delay of 3.0 s. The NOESY mixing time was 6 ms. The spectral width was 12 ppm, and 64K real data points were collected. All free induction decays were subjected to an exponential line-broadening of 0.3 Hz. Upon Fourier transformation, each spectrum was manually phased, baseline corrected, and referenced to the internal standard TMSP at 0.0 ppm using Topspin 3.5 software (Bruker). Two-dimensional data, 1H–1H total correlation spectroscopy (TOCSY) and 1H–13C heteronuclear single quantum coherence (HSQC), were collected for metabolite assignment on representative samples.



Metabolomics Data Analysis

Metabolites were assigned by comparing the chemical shifts with reference spectra found in databases, such as the Human Metabolome Database (Wishart et al., 2018), and Chenomx® NMR Suite profiling software (Chenomx Inc., version 8.1). A total of 36 metabolites were assigned and quantified using Chenomx software based on the internal standards. Prior to statistical analysis, normalization by dry sample weights and mean-centered scaling were applied.



Statistical Analysis

Means with standard deviations, frequencies, and percentages were used to describe the rhinoceros characteristics and habitats. Proportions were used to quantify the fraction of total reads mapped to each taxonomic level from phylum to species. Heat trees as generated by the metacoder v0.3.2 package (Foster et al., 2017) were used to visualize the number of reads mapping to taxonomic levels from kingdom to genus. Stacked bar charts were used to describe the relative abundance of major bacterial phyla for each rhinoceros species. Kruskal–Wallis or Wilcoxon rank-sum tests were used to test for differences in Shannon diversity according to rhinoceros species, sex, facility and hemosiderosis risk. Spearman correlations were used to assess the correlation between Shannon diversity and age. Principal components analysis (PCA) was conducted on the raw counts after variance stabilizing transformation as implemented in DESeq2 v1.24 (Love et al., 2014). PCA was also conducted on the raw counts after a centered log-ratio transformation (Aitchison distance) and principal coordinates analysis (PCoA) performed on the Bray–Curtis dissimilarity matrix and weighted and unweighted UniFrac distances after subsampling to the lowest observed read depth (45,074 reads) to assess the robustness of the beta-diversity ordinations to choices in the normalization procedure and distance measure. Differences in beta-diversity were tested by permutational multivariate analysis of variance (PERMANOVA) as implemented by the Adonis function in vegan v2.5.5 (Oksanen et al., 2019) and differences in beta dispersion tested using the betadisper and permutest functions at the default settings. Differentially abundant ASVs in IOD-susceptible vs. IOD-resistant rhinoceros species were identified using moderated negative binomial regression as implemented by DESeq2 after filtering to include ASVs detected in at least half of all samples. Facility was included as a covariate in all models and ASVs with a Benjamini–Hochberg false discovery rate (FDR) corrected p-value of <0.1 reported. Wilcoxon rank-sum tests were performed on the subsampled taxa as a sensitivity analysis for differential abundance.

Principal components analysis was performed on the normalized metabolite concentrations to assess the clustering of stool specimens based on rhinoceros facility or species. PERMANOVA was used to test for differences in the overall metabolite concentrations. Linear regression was used to test for differences in metabolite concentrations between IOD-susceptible and IOD-resistant rhinoceros species. Rhinoceros facility was included as a covariate and metabolites with a FDR p-value of <0.1 reported. Correlations between bacterial families and fecal metabolites according to IOD susceptibility status and within the black rhinoceros species were visualized using heatmaps. ASVs were aggregated to the family level and the top 30 families seen in at least three samples in both IOD-susceptible and black rhinoceros species selected. Heatmaps were generated using the ComplexHeatmap v2.0.0 package (Gu, 2016). All analyses were conducted using R v3.6.0 (R Core Team, 2019) including the tidyverse (version: 1.2.1; Wickham, 2017), phyloseq (version: 1.28.0; McMurdie and Holmes, 2013), vegan (version: 2.5.5; Oksanen et al., 2019), microbiome (version: 1.6.0; Lahti, 2018), DESeq2 (version: 1.24.0; Love et al., 2014), ComplexHeatmap (version: 2.0.0; Gu, 2016), circlize (version: 0.4.6; Gu, 2014), Metacoder (version: 0.3.2; Foster et al., 2017), and Cowplot (version: 1.0.0; Wilke, 2019) packages.



Data Deposition

The 16S rRNA data sets generated in this study were deposited in the NCBI BioProject database under accession number PRJNA558964.




RESULTS


Microbiota of IOD-Susceptible Rhinoceros Species Cluster Together and Are Less Diverse Than Those of IOD-Resistant Rhinoceros Species

A total of 2,303 ASVs, representing 18 phyla, were detected across all rhinoceros species. Firmicutes represented the highest relative abundance (range; 66.3–51.0%) followed by Bacteroidetes (39.8–23.4%) (Figure 2A). Also present in all species, but at much lower abundance, were Verrucomicrobia (7.6–1.9%), Spirochetes (3.1–1.1%), Actinobacteria (1.04–0.03%), and Fibrobacteres (2.14–0.19%). The mean log-ratio of Firmicutes to Bacteroidetes was 0.41 ± 0.61 for IOD-susceptible and 0.98 ± 0.47 for IOD-resistant species (p = 0.011). Although 97–98% of all reads were successfully mapped to a bacterial phylum for white, black, and GOH rhinoceroses, only 88% of Sumatran rhinoceros reads were mapped to a phyla (Supplementary Table 1A) due to a few unidentified ASVs with high read counts. Subsequent BLAST analysis against the NCBI database showed an abundant ASV had >90% coverage and 80% identity to numerous Clostridium sequences, whereas another abundant ASV was found to have <80% identity to all alignments. In general, however, the majority of ASVs mapped to the family level and above were found across rhinoceros species (Supplementary Table 1B), including those affiliated with the orders Bacteroidales and Clostridiales and the Families Ruminococcaceae, Spirochaetaceae, and Coriobacteriaceae. Heat trees showing the number of ASV mapped to taxonomic ranks are provided as Supplementary Figure 1. Despite the higher level taxonomic similarities in microbial orders and families, the presence of specific ASVs differed across rhinoceros species. Supplementary Figure 2 highlights differences in the presence/absence of ASVs for selected subsections in many parts the phylogenic tree. For example, many ASVs mapping to Coriobacteriaceae, Prevotellaceae, and Clostridium XlVa were not detected in IOD-susceptible rhinos.
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FIGURE 2. Microbial community composition, diversity, and differential abundance. (A) Fecal community relative abundance at the phylum level according to rhino species. (B) Shannon diversity according to facility, IOD risk, sex, and species. (C) Principal coordinates analysis performed on the Bray–Curtis dissimilarity metric. (D) Differentially abundant core ASVs in IOD susceptible vs. resistant rhinos. Log2 fold-changes shown for ASVs with a BH-FDR corrected p-value < 0.1 (356 of 446 core taxa). Each dot reflects a distinct ASV. ASVs are presented by bacterial family on the y-axis and colored by phylum. ASVs with log2 fold-change values greater than zero are more abundant in IOD-susceptible rhino species. ASVs with log2 fold-change values less than zero are more abundant in IOD-resistant rhino species.



Shannon diversity within rhinoceros fecal samples differed according to facility (p = 0.007), rhinoceros species (p < 0.001) and IOD susceptibility (p < 0.001; Figure 2B). Age was inversely associated with Shannon diversity (Spearman rho = −0.45, p = 0.015), but no difference was observed for sex (p = 0.914). PCoA performed on the Bray–Curtis dissimilarity matrix indicated clustering of samples based on rhinoceros species and facility, and IOD-susceptibility (Figure 2C). Rhinoceros species explained the greatest amount of variance (R2 = 0.49; p < 0.001) followed by facility (R2 = 0.17; p < 0.001; Supplementary Table 2), whereas age and sex were not significant (R2 = 0.02; p = 0.253 and R2 = 0.01; p = 0.488, respectively). Ordinations performed after variance stabilizing or centered log-ratio (i.e., Aitchison distance) transformation produced similar clustering (Supplementary Figure 3). Clustering based on weighted and unweighted UniFrac distances was less pronounced for IOD-susceptible, and more pronounced for IOD-resistant species, suggesting importance for the relative abundances of microbial taxa in these rhinoceros species. However, samples from GOH and White rhinoceroses generally separated from those collected from Sumatran and Black rhinoceroses along the first axis regardless of approach.

A large proportion (356/446) of abundant ASVs differed (with FDR p-values < 0.1) between IOD-susceptible and -resistant groups (Figure 2D). Almost all of these ASVs were more abundant in IOD-resistant rhinoceroses, consistent with the greater Shannon diversity in these species. In fact, with the exception of a few ASVs mapping to Firmicutes, many of these ASVs were not consistently detected or were much less abundant in IOD-susceptible rhinos. Similar results were obtained with the Wilcoxon rank-sum test (Supplementary Table 3) performed on the subsampled data (392/446 abundant ASVs with FDR p-value < 0.1) and when testing for differential abundance according to rhino species via DESeq2 (441/446 abundant ASVs with FDR p-value < 0.1; 81% of these ASVs overlapped with those detected for IOD status; Supplementary Table 4).



The Black Rhinoceros Metabolome Is Distinct Among the Rhinoceros Species Containing Higher SCFA Concentrations

A total of 36 polar metabolites were identified and quantified in the fecal samples. PCoA was used to project the relative relationships of overall metabolic profiles among samples from each of the species and facilities (Figure 3A). Both factors significantly affected the metabolic profiles (PERMANOVA p-values < 0.001). In contrast, rhinoceros age and sex were not significant (p = 0.634 and 0.332, respectively). A total of 15 out of 36 analyzed metabolites differed in abundance (with FDR corrected p-value < 0.1) between susceptible and resistant groups. These metabolites were further analyzed among host species and the results presented in boxplot format (Figure 3B) to better identify how the variance was distributed among and within the species. The black rhinoceros stood out as the primary source of variation with a higher abundance of SCFAs (2-hydroxybutyrate, butyrate, isobutyrate, isovalerate, and propionate) compared to the other three species. In general, samples from the Sumatran rhinoceroses fell in line with those from the GOH and white rhinoceroses, but were relatively impoverished for many amino acids (aspartate, glutamate, isoleucine, valine, and tyrosine). With the exception of two individuals, white rhinoceroses were unique in exhibiting a high abundance of lactate compared to the other rhinoceros species. Interestingly, the white rhinoceros data for isobutyrate and some of the amino acids (aspartate, glutamate, valine, and tyrosine) formed high and low concentration groups based on their facility origin (Facility 4 = high concentration; Facility 5 = low concentration). These metabolites were likely strong drivers of the significant facility effect in the statistical model as shown in PCoA scores plot.
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FIGURE 3. Fecal metabolite ordination and differential abundance. (A) Principal components analysis of 36 fecal metabolites. (B) Boxplots of differentially abundant fecal metabolites (15 of 36) according to rhino species. Plots shown where the FDR corrected p-value < 0.1 for IOD-susceptible vs. IOD-resistant rhinos.



Heatmaps displaying the Spearman correlations between fecal bacterial families and metabolites were initially developed for IOD-resistant and IOD-susceptible species separately, and correlation pattern differences were noted between these two groups (Figure 4A). However, the metabolome signature of the black rhinoceros was distinct among the four species, and combining results from the few Sumatran rhinoceros samples with those of the black rhinoceros samples obscured the extent to which black rhinoceroses differed from their counterparts. Therefore, heatmaps were produced to demonstrate the differences between black rhinoceros and the white/GOH rhinoceroses (IOD-resistant group; Figure 4B).
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FIGURE 4. Heatmap showing the Spearman correlation between fecal bacterial families and metabolites according to IOD susceptibility status (A). Heatmaps exhibiting the Spearman correlation between fecal bacterial families and metabolites in IOD-susceptible black rhinoceroses and the IOD-resistant white rhinoceroses and GOH rhinoceroses (B). A-red, proteobacteria in black rhinoceroses positively correlated with most metabolites. Red asterisks indicate proteobacteria families demonstrating little to no correlation with any metabolites in IOD-resistant rhinoceroses. In IOD-resistant species: B-green, bacterial families positively correlated with glycolytic metabolites and SCFAs; C-green, families negatively correlated with sugars and SCFAs. In black rhinoceroses: D-yellow, proteobacteria exhibiting strong positive correlations with sugars; E-blue, bacterial families exhibiting the highest correlations to SCFAs.



The differences in correlations between microbial families and metabolite abundances strongly suggested that different microbial populations influenced the gut metabolomic environment in each of the rhinoceros groups. For example, several families belonging to the Proteobacteria phylum, such as Vibrionaceae, Moraxellaceae, and Neisseriaceae were positively correlated with many of the metabolites detected in black rhinoceroses (A, red box). Furthermore, Pasteurellaceae and Methylobacteriaceae exhibited strong positive correlations with all sugar metabolites (e.g., glucose, xylose, and arabinose; D, yellow box). The families exhibiting the highest correlations to SCFAs included Prevotellaceae, Eubacteriaceae, and Synergistaceae, well-known SCFA producers (Ríos-Covián et al., 2016; E, blue boxes). In contrast, many of these Proteobacteria families demonstrated little to no correlation with any metabolites in IOD-resistant rhinoceroses (red ∗).

In IOD-resistant species, strong correlation patterns revealed links between the bacterial families and metabolic processes. The bacterial families positively correlated with glycolytic metabolites (glucose and lactate), such as Bacteroidetes, Spirochaetaceae, and Fibrobacteraceae, also demonstrated positive correlations with microbial metabolites such as the SCFAs (B, green boxes). In contrast, members of Clostridiales and Firmicutes were negatively correlated with both sugars and SCFAs (C, green boxes).




DISCUSSION

In this study, the gut microbiomes and metabolomes among four of the five extant rhinoceros species were characterized and compared, and an association was identified between gut microbiome and IOD susceptibility. Within the two distantly related, IOD-susceptible rhinoceros species, our findings demonstrated shared features of the distal gut microbiota, differences with their two IOD-resistant counterparts and divergence in metabolite profiles.

Previous large wildlife studies that included a few rhinoceros samples demonstrated that host phylogeny and diet influenced bacterial diversity, and the most abundant phyla in most mammals were Firmicutes and Bacteroidetes (Ley et al., 2008; Youngblut et al., 2019). Therefore, the dominance of these two phyla members in the gut microbiota of rhinoceroses across several North American zoos was expected and in accordance with reports of rhinoceros microbiome in China (Bian et al., 2013), Europe (Antwis et al., 2019), San Diego (Williams et al., 2019), South Africa and Texas (Gibson et al., 2019).

The Sumatran rhinoceros is the closest living relative of the wooly rhinoceros (Willerslev et al., 2009), but the analysis of a single wooly rhinoceros gut revealed very small numbers of Bacteroidetes (0.2% of reads) with Firmicutes dominating at 68% followed by Proteobacteria (19.2%) (Mardanov et al., 2012). The latter was not identified in appreciable abundance in the Sumatran rhinoceros. In contrast, Proteobacteria were more abundant in female black rhinoceroses in European zoos, particularly in two post-partem samples (Antwis et al., 2019) and in wild black rhinoceroses in South Africa (Gibson et al., 2019).

Interestingly, the two IOD-susceptible species, the Sumatran and black rhinoceroses, contained higher proportions of Bacteroidetes than the IOD-resistant GOH and white rhinoceroses. Similarly, Ley et al. (2008) reported a higher proportion of Bacteroidetes in the black rhinoceros compared to the GOH rhinoceros. Previous studies have reported a shift favoring Bacteroidetes in the Firmicutes:Bacteroidetes ratio associated with several factors including colitis (Costa et al., 2012), increased dietary fiber (De Filippo et al., 2010), and obesity (Larsen et al., 2010; Schwiertz et al., 2010). However, results are mixed regarding the latter (Ley et al., 2006; Guo et al., 2008; Turnbaugh et al., 2008; Turnbaugh and Gordon, 2009; Sze and Schloss, 2016) suggesting no strong association exists. Bacteroidetes are known for producing enzymes that degrade dietary polymers such as plant cell wall compounds which otherwise would pass through the gut undigested (Thomas et al., 2011). Given the tree branches, bark, bushes and shrubs preferred by browsers over more protein-rich grasses consumed by grazers, a shift toward greater Bacteroidetes populations may reflect the mutually beneficial relationship between the host and its gut microbiota that evolved over time.

There have been many reports of a shift in microbial populations with pathogenic microbes increasing in the presence of iron or iron supplementation (Zimmermann et al., 2010; Jaeggi et al., 2015; Manzo and Bhatt, 2015; La Carpia et al., 2016). If the same occurs in rhinoceroses susceptible to IOD in response to elevated body iron load, it could help substantiate the suspected link between IOD and increased disease susceptibility in the black rhinoceros. Unfortunately, the inability to classify a high proportion of reads to the species, genus or even family level, precluded that goal. Unclassified sequences at deeper taxonomic levels are common with 16S rRNA sequencing due to the inability to discriminate between closely related taxa over the amplicon spanning region and incomplete reference databases. Most gut microbiome research has focused on rodents and humans, but microbial populations in wildlife, and even horses, are largely uncharacterized much beyond the phyla level (Daly et al., 2001; Ley et al., 2008; Proudman et al., 2015), with the exception of a recent study (Youngblut et al., 2019). A previous paper reported 15–42 and 58–85% unclassified bacteria at the family and genus levels, respectively, across five white rhinoceroses (Bian et al., 2013), and more recent publications on rhinoceros microbiota also reported high proportions of unmapped reads (Gibson et al., 2019; Williams et al., 2019). Similarly, we report 26–52 and 62–78% unclassified reads within family and genus, respectively, across all four rhinoceros species. Therefore, it could be misleading to compare mapped microbial populations among rhinoceros species at deeper taxonomic levels since a high proportion of unclassified reads may not map to available reference sequences.

Our data demonstrated clustering of microbiotas based on host IOD-susceptibility. Despite phylogeny being one of the main drivers of gut microbiome (Ley et al., 2008; Youngblut et al., 2019), the white rhinoceros and black rhinoceros microbiotas were not closely associated. Instead, the IOD-susceptible Sumatran rhinoceros and black rhinoceros clustered together even though they are more distantly related with non-overlapping historic distributions on two different continents (Africa and Asia1). Additionally, the two IOD-resistant, grazing GOH and white rhinoceros species were more closely aligned with each other than with their respective continental counterparts. Furthermore, gut microbiota diversity is desirable for overall organismal health (Le Chatelier et al., 2013), and the Sumatran rhinoceros and black rhinoceros harbored less microbial diversity than the GOH rhinoceros and white rhinoceros. Considering that the former are browsers that habitually consume a more diversified, high fiber diet than their grazing cousins, the opposite result was anticipated. Although black rhinoceroses and Sumatran rhinoceroses are strict browsers in the wild, in a zoo setting, black rhinoceroses do consume a high proportion of hay in their daily diet, much like their grazing counterparts, whereas the captive Sumatran rhinoceros’s diet primarily consists of browse (Table 1; Dierenfeld et al., 2000). Regardless of these significant dietary differences between zoo-maintained black rhinoceroses and Sumatran rhinoceroses, their microbiota profiles suggested that something other than phylogeny and diet influences gut microbial communities within the Rhinocerotidae family. Surprisingly, a study comparing the microbiotas of wild and captive wildlife reported increased alpha diversity in zoo-managed black rhinoceroses and white rhinoceroses compared to their wild counterparts (McKenzie et al., 2017). However, the difference may be explained by location and uneven sampling size. Wild samples were collected from rhinos in a single reserve and only included one black rhinoceros, whereas captive rhino samples were from a mix of United States and European zoos and included six black rhinoceroses. In contrast, a recent study reported higher alpha diversity in wild black rhinoceroses in South Africa compared to black rhinoceroses maintained at two facilities in Texas (Gibson et al., 2019).

Although facility/location can impact the microbiota, we could not fully determine the independent contribution of facility to differences in alpha- or beta-diversity due to imbalanced species contribution across facilities and inconsistent findings. For example, Facility 4 did not contribute samples from any IOD-susceptible individuals. However, black rhinoceroses in our study came from four different facilities with varied diets (Table 1) and still clustered together with the Sumatran rhinoceroses. Similarly, the GOH rhinoceroses were housed at three facilities and they also clustered together. These data suggest that facility did not significantly influence the microbiota in these two rhinoceros species. In contrast, white rhinoceroses separated by location. Regardless, host species was the predominant factor influencing variation in microbiota structure, whereas neither age nor sex significantly affected clustering.

The gut microbiota contributes substantially to the fecal metabolome (Martin et al., 2007; Thomas et al., 2011; Flint et al., 2015), especially in herbivores that rely on their microbial populations to breakdown plant cell membranes and convert complex carbohydrates to more readily digestible compounds. Given the close relationship between the gut microbiotas of Sumatran rhinoceroses and black rhinoceroses, a similar relationship of their fecal metabolomes was expected. However, in this study, the black rhinoceros had a distinct fecal metabolome in comparison with the other three species. In contrast, the Sumatran rhinoceros metabolome was more closely associated with those of the GOH rhinoceros and white rhinoceros. Williams et al. (2019) also reported similar metabolite composition between GOH and white rhinoceroses despite differences in gut microbial composition.

Short chain fatty acids (acetate, isobutyrate, isovalerate, propionate, and butyrate) are microbial fermentation products of the large intestine (Cummings, 1984) and an important energy source for the host. Our data suggested that the black rhinoceros fecal metabolome has higher levels of SCFAs than the other three rhinoceros species. These findings are intriguing since SCFAs, especially butyrate and propionate, are implicated as important mediators of obesity and metabolic syndromes (reviewed by Ríos-Covián et al., 2016). Several studies have demonstrated that total fecal SCFA concentrations increase with obesity and its associated metabolic disturbances in humans, and decrease with anti-obesity treatment (Schwiertz et al., 2010; Patil et al., 2012; Fernandes et al., 2014; Rahat-Rozenbloom et al., 2014; Ríos-Covián et al., 2016). Schook et al. (2015) reported that black rhinoceroses in zoos exhibit elevated inflammatory markers (tumor necrosis factor alpha, serum amyloid A and insulin), similar to those documented in obese humans. They suggested that metabolic disturbance could be the primary disrupter of black rhinoceros health, and that iron storage may be a secondary response. Additionally, serum ferritin, an acute phase protein, is extraordinarily high in some black rhinoceroses that are not sick from IOD (Wojtusik and Roth, 2018). Hyperferritinemia occurs in obese humans in the presence or absence of excess body iron load, and it is now known that up to one third of non-alcoholic fatty liver disease (NAFLD) patients have elevated iron levels, a condition termed “dysmetabolic iron overload syndrome” (Aigner et al., 2015). SCFAs are essential for maintaining intestinal epithelium physiology by modulating the response to inflammatory/infectious stimuli (Corrêa-Oliveira et al., 2016). Given the previously reported evidence for unhealthy inflammatory and/or metabolic states in the black rhinoceros, it is possible the elevated fecal SCFAs reported in this study are a response to those conditions.

Despite its similarity with black rhinoceroses in gut microbiota taxa composition, the Sumatran rhinoceros produced SCFA concentrations similar to those of the GOH rhinoceros and white rhinoceros. Although both black rhinoceroses and Sumatran rhinoceroses are susceptible to IOD, Sumatran rhinoceroses have presented with classic hemochromatosis in the absence of other disease states, whereas black rhinoceroses typically die of another primary cause and hemosiderosis is noted post-mortem (Dennis et al., 2007; Olias et al., 2012; Paglia and Tsu, 2012). Furthermore, serum ferritin concentrations in healthy black rhinoceroses can be significantly higher than those measured in Sumatran rhinoceroses that die of hemochromatosis (Roth et al., 2017; Wojtusik and Roth, 2018), Not only do these observations and data reveal the inadequacy of serum ferritin as a biomarker for IOD progression in the rhinoceros, they also suggest that the iron overload condition of these two species may differ in origin, etiology and/or impact.

All but two white rhinoceroses exhibited significantly elevated lactate concentrations compared to the other three rhinoceros species. Gut lactate accumulation can be detrimental, leading to colitis in humans (Vernia et al., 1988; Hove et al., 1994); lactate levels have been used as a measure of colic severity in horses (Latson et al., 2010). Host intestinal absorption of butyrate is preferred to lactate, thus bacterial cross-feeding that reduces intestinal lactate and increases butyrate or propionate production can benefit the host (Flint et al., 2015). Given that gastrointestinal tract ailments are one of the top health concerns and causes of death in zoo-maintained white rhinoceroses (Roth et al., 2019) and are also strong indicators of poor adaptation to translocation procedures (Miller et al., 2016), further research is warranted in identifying differences among rhinoceroses in microbial populations that lead to lactate production and conversion.

Finally, fecal ethanol levels were significantly lower in the black rhinoceros compared to the other three species. An increase in ethanol production has been linked to obesity and NAFLD in humans and mice (Cope et al., 2000; Raman et al., 2013). Therefore, this finding does not support the hypothesis that black rhinoceroses are suffering from metabolic disturbances associated with obesity. However, “normal” fecal metabolite values for individual species are highly variable, so it is possible that ethanol is high compared to that in wild black rhinoceroses.

Whereas this study has many strengths, there are also limitations. First, the sample size and unequal distribution of rhinoceros species across facilities limited our ability to disentangle the effect of facility from rhinoceros species for several analyses. Second, the time of the year in which stool specimens were collected was not standardized. While we saw little systematic difference in microbial composition or diversity according to season (Supplementary Figure 4), we cannot rule out more modest effects.

In conclusion, we found intriguing differences in gut microbial community composition and diversity in IOD-susceptible vs. IOD-resistant rhinoceros species despite the phylogenetic disparity within each group. The IOD-susceptible rhinoceroses exhibited less microbial diversity, which could have health implications. These findings provide the first insight into a relationship that clearly warrants further investigation given the strong association between microbiome and IOD susceptibility in this study. Furthermore, the black rhinoceros metabolome was distinct among the four rhinoceros species, a finding congruent with evidence of metabolic disturbance in serum profiles reported in zoo-housed black rhinoceroses (Schook et al., 2015). Such metabolic changes could be associated with hemosiderosis and the high susceptibility to infectious disease not observed in any of the other rhinoceros species in human care.
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As for the wild animals, their diet components are always changed, so that we have to monitor such changes by analyzing the modification of intestinal microbial community. Such effort allows us to amend their conservation strategies and tactics accordingly so that they are able to appropriately adapt to the new environment and dietary selection. In this study we focus on the gut flora of two groups of an endangered species, Alpine musk deer (Moschus chrysogaster), wild group (WG) which is compared with that of the individuals of the same species but kept in the captivities (CG), a control group. Such a project is aimed to work out whether the composition of the gut microbes has significantly been changed due to captive feedings. To do so, we used 16S rRNA amplicon sequencing to characterize gut bacteria of the musk deer from the two groups. The results show that there is a significant difference in community structure of the bacteria: WG shows significant enrichment of Firmicutes and depletion of Bacteroidetes, while CG has a significant abundance of Proteobacteria and Euryarchaeota. Metagenomics was used to analyze the differences in functional enzymes between the two groups. The related results indicate that genes in WG are mostly related to the enzymes digesting cellulose and generating short-chain fatty acids (SCFAs) for signaling pathways, but CG shows enrichment in methanogenesis, including the CO2/H2 pathway and the methylotrophic pathway. Thus, this study indicates that the Firmicutes-rich gut microbiota in the WG enables individuals to maximize their energy intake from the cellulose, and has significant abundance of Euryarchaeota and methanogenesis pathways that allow them to reduce redundant energy consumption in methane metabolism, ensuring them to adapt to the wild environments.

Keywords: wild musk deer, gut microbiota, short-chain fatty acid, Firmicutes to Bacteroides/Prevotella (F/B) ratio, methane


INTRODUCTION

Intestinal microbiology of the mammals is frequently shaped by many factors, including dietary selection, phylogenic development, and environmental modifications (Turnbaugh et al., 2009; Yatsunenko et al., 2012; Schnorr et al., 2014; Clemente et al., 2015). Among them, the changes in dietary selection have been considered to be able to rapidly affect the composition of gut microbiota (Wu et al., 2011; David et al., 2014; Wang et al., 2019). Thus, artificial feeding wild animals during the program of ex situ conservation have to be modified on their dietary selection adopted in the wild, despite humans attempt to simulate wild diets for them. In other words, there exist a great variety in the richness of the dietary components between the animal groups living in the wild and the captivities. Thus, it is critical to monitor digestive system of the animals in the captivities in order to know whether they have adapted to artificial food provisioned and new environment – an important issue in wildlife conservation (Murray et al., 2016). Within the digestive system, intestinal microbiome plays an important role in digestion and absorption of the food, and maintaining animals’ health (Ley et al., 2005; Flint et al., 2008; Gupta et al., 2011; Smith et al., 2013). The distal intestine harbors billions of bacteria for those functions. Members of the Bacteroidetes and Firmicutes divisions dominate the microbiota in mammalian gut and participate in colonic metabolism for undigested food remains, mostly fibers, by a complex metabolic energy-harvesting mechanism based on cross-feeding and co-metabolism (Eckburg et al., 2005; Candela et al., 2010). Some studies have shown that the ratio of Firmicutes to Bacteroidetes (F/B) indicates the amount of the energy absorbed; such a ratio in the body with the obesity is higher than normal individuals (Ley et al., 2006; Samuel and Gordon, 2006; Fabrice et al., 2009; Fernandes et al., 2014). A study on the associations between gut microbes and nutrient absorption in humans has presented stool energy loss in lean individuals, and a 20% increase of Firmicutes and a corresponding decrease of Bacteroidetes are associated with an increased energy harvest of 150 kcal (Jumpertz et al., 2011).

Compared with the carnivores, gastric and intestinal tracts of the ruminants are rich in symbiotic bacteria that helps the body digest plant fibers (Kohl et al., 2011; Muegge et al., 2011; Saro et al., 2012; Kim et al., 2013). The development of a rumen is driven by close interactions among the rumens, metabolic products of microorganisms, diet and the host (Li et al., 2012). Gut microbiota catabolizes the fibers not completely hydrolyzed by host enzymes, in addition to utilizing polysaccharides as an energy source (Flint et al., 2008). Glycans are processed by the distal gut microbiota, generating biologically significant short-chain fatty acids (SCFAs, predominantly acetate, butyrate, and propionate), which serve as the principal energy source for colonocytes (Topping and Clifton, 2001). Fibers may be involved in the regulation of food intake and energy balance via the SCFA-mediated modulation of the secretion of gut hormones (Freeland and Wolever, 2010). An inverse association was observed through the study of between Bacteroidetes counts and body mass index values; there is a significant positive association between F/B ratios and SCFA concentrations, and such an association between Bacteroidetes counts and SCFA concentrations is, however, significantly negative (Fernandes et al., 2014).

Rumens show significant functional variation in gut symbiotic microbiota due to a series of different habitats. Ruminants in high-altitude, such as Yaks (Bos grunniens) and sheep (Ovis aries), show significantly lower levels of methane and higher yields of volatile fatty acids (VFAs) than their low-altitude relatives, for instance cattle (Bos taurus) and sheep (O. aries) (Zhang et al., 2016). Methane is a byproduct of methanogens in the fermentation process, and high methane production leads to more energy loss. A high level of methane production leads to more energy loss. Rumens can lose about 2–12% of the energy caused by methane products referring to alternative diets (Johnson and Ward, 1996). At the same time, methane production is negatively correlated with VFA production in ruminants – the increase in VFA production could greatly inhibit the production of methane due to the competing for hydrogen through methane-producing pathway (Zhang et al., 2016; Moraïs and Mizrahi, 2019). In the studies on herbivorous primates, such as western lowland gorillas (Gorilla gorilla), chimpanzees (Pan troglodytes), and black howler monkeys (Alouatta pigra), it is indicated that gut symbiotic microbiota also changes seasonally in responding to seasonal dietary variation, which helps the hosts improve energy intake efficiency during the food shortage period (Amato et al., 2015; Gomez et al., 2015; Hicks et al., 2018). Such phenomenon allows the hosts to adapt to environmental changes under the principles and regulations of natural selection and environmental adaptation.

It is reported that some wild animal populations raised by the artificial program to avoid declining population size have to change their digestive system following the modification of dietary components that are different from those taken from the wild. Different from nature food, the proportion of carbohydrate is relatively high in provisioned food. This kind of artificial food feeding is based on previous experience rather than on the diet of wild populations (Xie, 2011). The CG diet, different from those from the wild, has a higher proportion of carbohydrate, but lower level of fibers (Supplementary Tables 1, 2).

Control group usually faces a high risk of disease, especially gastrointestinal ones which have a high mortality rates (Yan et al., 2016). Mostly gastrointestinal problems are associated with intestinal flora disorder in forest musk deer (Zhou et al., 2016). A research on musk deer indicates that there has been an increased proportion of Bacteroides and Prevotella in captive individuals (Li et al., 2017). Another research on captive primates reports that, due to dietary changes, especially the decreased fiber components, primates lost substantial portions of signature microbiota in captivity, and they were colonized by human-associated gut bacterial genera of Bacteroides and Prevotella, which lead to a decreased gut microbiota diversity (Clayton et al., 2016), implying an increased risk of intestinal disorders (Moeller et al., 2014).

Alpine musk deer (Moschus chrysogaster) are rapidly disappearing in the wild. It is the endangered species on the list of Red List by IUCN, as such China has kept some of them in captivity. We are, however, facing the problems of how to maintain appropriate food components that can keep their normal nutrition adopted in the wild, and a healthy digestive system naturally selected through environmental adaptation (Zhu et al., 2012; Xu et al., 2014; Murray et al., 2016; Yan et al., 2016). China’s WGs in winter face a server challenge due to the scarce food covered by snow, although it is not confirmed that they face famine in nutrition and energy demand. Compared to the wild condition, the captive group obviously is provisioned more food and even high energy items, but diversity of provisioned food seems to be less than the nature food. Diet of captive group contains less fiber than that of WG. That is to say that CG groups avoid the problem of famine but potentially face more issues relevant to poor or inappropriate nutrition, and digestive disorder (Carding et al., 2015) under the circumstance with artificially provisioned food, which has occurred to many species of the caged animals (Flinchum, 1997; Knapp et al., 2013). Thus, the standardized levels of nutritional requirement and fiber components in the feeding program are critically required for the deer in the captivities. In this regard, the microbiota of wild group can provide a good indicator that tells the direction of provision artificial food (Gorvitovskaia et al., 2016; Hale et al., 2017). Thus, in this study we are going to provide some guidelines through a study focusing on the comparison of gut microbiota between the WG and the CG, in order to understand how symbiotic gut microbes in CG have been changed in energy absorption and transformation due to provisioned food and how gut microbiota has responded to such a transaction of food chains. The results will be tangibly used to make or amend the conservation strategies and tactics for the musk deer.



EXPERIMENTAL PROCEDURES


Fecal Sample Collection

Thirty-seven fecal samples were collected totally: fourteen from 14 individuals in Xinglongshan Alpine musk deer farm and 23 from 23 wild individuals in the Mts. Helan National Nature Reserve, China. The records on dietary components and antibiotic usage of the formers were from the Xinglongshan Alpine musk deer farm, the biggest captive group in China where two feeding bases are allocated (Supplementary Figure 1). The estimated population size of wild group is less than 100 individuals (Yang et al., 2003). Fecal samples were collected by researchers immediately after defecation and the samples were immediately stored in a centrifuge tube and preserved at −80°C until extraction of genomic DNA. Fecal collection tools are sterile cotton swabs and sterile toothpicks. Only fresh fecal samples are collected from the fecal center to avoid environmental contamination on the surface.



DNA Extraction and Sequencing of 16S rRNA Gene Amplicons

DNA samples were extracted from approximately 300 mg of each fecal samples (sample size n = 37) with a modified protocol of the DNA Stool Mini Kit (QIAGEN, Hilden, Germany). The PCR amplifications were carried out with Phusion® High-Fidelity PCR Master Mix. Specific primers for identification of bacteria were 515F (5′-GTGBCAGCMGCCGCGGTAA-3′) and 806R (5′-GGACTACHVGGGTWTCTAAT-3′). Sequencing libraries were generated using a TruSeq® DNA PCR-Free Sample Preparation Kit (Illumina, United States) following the manufacturer’s instructions, and index codes were added. The library quality was assessed using a Qubit 2.0 Fluorometer (Thermo Scientific) and an Agilent Bioanalyzer 2100 system. Finally, the library was sequenced on an Illumina HiSeq 2500 platform, and 250 bp paired-end reads were generated.



Determining OTU and Taxonomy Assignments

Paired-end reads were merged with FLASH (V1.2.7) software1, after which the raw tags were analyzed under specific filtering conditions to obtain high-quality clean tags according to the QIIME quality control processes (V1.7.0)2. They were compared with the reference database3 and the chimera sequences were removed to get the Effective Tags finally.

Sequence analysis was performed with Uparse software (Uparse v7.0.1001)4. Sequences with ≥97% similarity were assigned to the same OTU. A representative sequence for each OTU was screened for further annotation.



Statistical Analysis

Considering the small sample size of both groups (CG n = 14, WG n = 23), the data collected may not be normally distributed. Thus, a non-parametric statistics, the Wilcox test, was used to analyse the differences between the two groups (Supplementary Table 3). A significant level is set at p < 0.05. Pearson’s correlations were used to test the associations between variables with a normal distribution; for non-normally distributed data, Spearman’s rank test was used. The differences with a p-value < 0.05 (two-tailed) is considered to be statistically significant. A principal component analysis (PCA) and a principal coordinate analysis (PCoA) were implemented in the R “ggplot2” package to evaluate whether the gut microbiota structure is significantly segregated across the cohorts. The QIIME software (Version 1.7.0) was used to calculate the UniFrac distance and construct the unweighted pair-group method with arithmetic mean (UPGMA) clustering trees. To identify the biomarkers showing statistically significant differences between the two groups, an LDA Effect Size (LEfSe) analysis was performed with LEfSe software and a default setting for the LDA Score of 4.



Metagenomic Sequencing

We randomly select one fecal sample from CG and another three from WG three individuals (samples size, n = 4). A total of 1 μg of DNA per sample was used as input material for the DNA sample preparations. Sequencing libraries were generated using the NEBNext® Ultra DNATM Library Prep Kit for Illumina (NEB, United States) following the manufacturer’s recommendations. After cluster generation, the library preparations were sequenced on an Illumina HiSeq 2500 platform, and paired-end reads were generated.



Gene Functional Classification

To classify functions of the sequences, unigenes were compared to the databases using the DIAMOND software; the highest match result (one HSP > 60 bits) was selected. From the results of comparison, the relative abundances of different functional levels were counted based on three databases: Kyoto Encyclopedia of Genes and Genomes (KEGG) (Kanehisa et al., 2004), Evolutionary Genealogy of Genes: Non-supervised Orthologous Groups (eggNOG) (von Mering et al., 2005), and Carbohydrate-Active enzymes Database (CAZy) (Cantarel et al., 2009).



RESULTS


16S rRNA Gene Surveying Reveal Hierarchical Separation of Two Musk Deer Groups

To characterize bacterial lineages presented in the fecal microbiota of the musk deer, we performed multiplex pyrosequencing of the 16S rRNA gene with the Illumina HiSeq 2500 platform, and generated a dataset consisting of 1 589 579 filtered high-quality classifiable 16S rRNA gene sequences with a mean average (± SD) of 42 962 ± 16 458 sequences per sample (Supplementary Table 4). Using a minimum identity of 97% as the threshold for any sequence pair, we identified 37 999 bacterial operational taxonomic units (OTUs) with an average of 1 027 OTUs per sample, 14 of which were previously undescribed (Supplementary Figure 2 and Supplementary Table 4).

We found that musk deer shared similar main community constituents, both wild and domesticated groups. Firmicutes formed the most numerous microbial communities in the gut, followed by Bacteroidetes. However, the two groups can be clearly separated based on the structure of the gut microbiota. For the 10 most abundant phyla, in WG and CG microbiota, respectively, were presented here: Firmicutes, 85.27 and 59.80%; Bacteroidetes, 10.30 and 29.23%; Proteobacteria, 1.17 and 3.14%; Spirochetes, 0.11 and 2.98%; Tenericutes, 1.26 and 1.20%; Cyanobacteria, 0.49 and 0.48%; Fibrobacteres, 0.03 and 0.30%; Verrucomicrobia, 0.14 and 0.11%; Actinobacteria, 0.61 and 0.42%; and Euryarchaeota, 0.06 and 0.32% (Figure 1A). Unsupervised clustering with PCoA and PCA indicates the variation in our dataset in in which WG microbiota is clustered from CG microbiota along principal coordinate 1 (Figure 1B and Supplementary Figure 3). Such significant structural segregation of the gut microbiota across the two groups is also confirmed by unweighted pair-group method with arithmetic mean (UPGMA) tree analysis, a method that measures similarity among microbial communities based on the degree to which their component taxa coincide (Figure 1C).
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FIGURE 1. Both the structure of flora and the unweighted UniFrac distance analysis reveal hierarchical separation of two musk deer groups. (A) Bacterial OTUs from 37 musk deer gut communities classified to the phylum level. Bars for each library represent the percentage of species assigned to each phylum with 80% bootstrap confidence. (B) Weighted UniFrac PCoA, which shows structural segregation between the WG and CG cohorts (C for CG, W for WG). Symbols representing individual communities are colored (black: WG, red: CG). (C) UPGMA tree based on the Unweighted UniFrac distance method. The tree on the left side shows the distance of each sample; the graph on the right side shows the relative abundance of the species at the phylum level.




Taxonomic Differences of Musk Deer Gut Microbiota

Statistical analysis with Wilcoxon test indicates that Firmicutes (p < 0.001) and Bacteroidetes (p < 0.001) are significantly differentiated between the WG and the CG. This result is strengthened by using the Benjamini and Hochberg false discovery rate to correct the p values, which again shows significant discriminating factors in Firmicutes (3.51 × 10–13), Bacteroidetes (5.68 × 10–13), Spirochetes (7.8 × 10–3), Proteobacteria (6.8 × 10–4), and Euryarchaeota (7.1 × 10–4) (Figure 2A and Supplementary Table 3a). Intestinal flora of the two groups share a similar structure, with the most populous components of anaerobic bacteria from the Bacteroidetes and Firmicutes phyla. However, there is a prominent difference in the ratio of Firmicutes to Bacteroidetes between the two groups: the WG group has fewer Bacteroidetes and more Firmicutes than the CG group (Figure 2B). In the WG group, the ratio of Firmicutes to Bacteroidetes varies from 3.06 to 40.42, while that for CG group is from 1.31 to 3.17 (Supplementary Table 5).
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FIGURE 2. Bacterial taxa showing significant differences between the two groups as detected by Wilcoxon test and LEfSe analysis. (A) Species with a significant difference (p < 0.05) at the phylum level based on the Wilcoxon test between the two groups. (B) Log F/B ratios in CG and WG individuals are clearly different (red: WG, black: CG). (C,D) Distribution histogram of LDA and system evolutionary distribution based on biomarkers with statistically significant differences in abundance between the two groups.


We also used Wilcoxon test to identify the genera showing significant differences at the 95% confidence level (Supplementary Table 3b). Among the 19 genera we identified 9 showing higher mean proportions in the WG group. The genera with high abundance in the WG group are concentrated in Firmicutes. Except for the genus Bifidobacterium that belongs to Actinobacteria, all the genera belong to Firmicutes, including Clostridium, Roseburia, Dorea, Blautia, and Faecalibacterium. However, for the C group, the genera at higher levels mostly belong to Bacteroidetes, including 5-7N15, Bacteroides, Paludibacter, Prevotella, and Paraprevotella (Supplementary Figure 4).

To identify the characteristics of differential abundance and the associated categories of the intestinal flora, we used LEfSe (LDA Effect Size) (Score > 4) to seek biomarkers showing significant differences between the groups, referring to statistical tests and on biological relevance (Figures 2C,D). The results were consistent with the Wilcoxon test; the biomarkers with higher richness in the WG group, including Clostridiaceae, Lachnospiraceae, Ruminococcaceae, Clostridiales, Clostridia, and Faecalibacterium, all belonging to Firmicutes, whereas the biomarkers with higher richness in the CG group belonging to Bacteroidetes and Spirochetes.



Differences in Metabolic Pathways of Microbes Between the Two Groups

To explore the differences in microbial functions between the two groups, we analyzed gene functional classification in a metagenomic analysis of fecal samples from four musk deer to focus on the functions of the communities. We then compared the catalog with the KEGG and the CAZy databases to assess the differences in functional capacities presented in bacteria. KEGG metabolic pathways provide a highly integrated picture of global gut cell metabolism, suggesting that the gut microbiome of musk deer has enriched activity for metabolism of carbohydrates (gene number: 26 522), amino acids (21 370), nucleotides (15 586), and energy (12 759) (Supplementary Figure 5).

Based on the KEGG database, we counted the unique enzyme reactions of each group. The reactions of intestinal flora from WG are represented by K06045 (squalene-hopene/tetraprenyl-beta-curcumene cyclase), K01047 (secretory phospholipase A2), K00036 (glucose-6-phosphate 1-dehydrogenase), K00832 (aromatic-amino-acid transaminase), K00022 (3-hydroxyacyl-CoA dehydrogenase) and K01692 (enoyl-CoA hydratase) (Supplementary Figure 4). These enzymes are mainly involved in biological processes, such as metabolism of terpenoids and polyketone compounds; biosynthesis of sesquiterpenoids and triterpenoids; synthesis and metabolism of SCFAs and biosynthesis of phenylalanine, tyrosine, and tryptophan. Stilbenoids, which are often found in the trees of the pine family, belonging to the family of phenylpropanoids and sharing most of their biosynthetic pathway with chalcones (Sobolev et al., 2006). Triterpenoids possess a rich chemistry and pharmacology (e.g., cholesterol) with several pentacyclic motifs, and some of these compounds show promise as anti-cancer agents (Andre et al., 2016). All of the compounds mentioned above are important components of the metabolic pathways of the WG. Meanwhile, for the CG group, most of the specialized enzymatic reactions were related to glycolysis/gluconeogenesis and hydroxymethylglutaryl-CoA synthase (Supplementary Figure 6).

In addition, CG are significantly rich in methanogenesis pathways (Figure 3). A total of 46 enzymes were identified in the CG and WG, 27 of which are shared between each other, 17 enzymes are exclusively in the CG, and only 2 enzymes are unique to the WG. Among the enzymes involved in each biochemical reaction in the CO2/H2 pathway, 1.2.1.2, 1.2.99.5 are common to both groups, but the abundance in CG is higher. The other five major enzymes 2.8.4.1, 2.3.1.101, 3.5.4.27, 2.1.1.86, 1.12.98.1 are unique to CG. Enzyme 2.8.4.1 is the final and rate-limiting step in the catalytic CH4 biogenesis (Cedervall et al., 2010).
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FIGURE 3. Comparisons of gene and transcript abundance for enzymes involved in WG and CG. (A) Diagram of Co2/H2 methanogenesis pathway shows enzymes involved in each biochemical reaction. (B) Relative abundance for each enzyme between WG and CG.


To detect the functional differences in intestinal flora among all the individuals, we built a clustering heat map based on the 35 functions with the highest abundance (Figure 4A). These results show that the WG gut microbiome has more enriched activity for metabolism of energy than does the CG gut microbiome; the signal pathways involves include ABCB-BAC (K06147) and the Ca2+-transporting ATPases (K01537, EC 3.6.3.8).
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FIGURE 4. Differences in the functional profiles of fecal microbiomes in the two musk deer populations (normalized by Z-score across all datasets). KEGG and CEs that showed the largest differences, in proportional representation, between CG and WG populations. (A) Heat map of the top 35 functions based on the KEGG database. (B) Heat map of the top 35 functions based on the CAZy database.


In total, 4 883 genes were annotated to 37 glycosyl transferase families (GTs), and the major enzymes involved are cellulase synthase, chitinase, phosphodiester D-mannose aminotransferase, glucosyltransferase, hyaluronan synthase, and chitosan oligosaccharide synthase. Among all carbohydrate esterases (CEs), the gene showing the highest abundance in the WG microbiota is CE4, accounting for 32.9% of the total number of annotated genes in this family. Abundance cluster analysis of carbohydrate-active enzymes shows that CEs involved in the metabolism of chito-oligosaccharide are more abundant in the WG group (CE4, CE9), whereas glycoside hydrolases (GHs) involved in the metabolism of starch and disaccharides (EC 3.2.1.20, EC 3.2.1.22, EC 3.2.1.24) are mainly represented in CG microbes (Figure 4B).



DISCUSSION


Effects of Taxonomic Differences on Musk Deer Energy Intake and Health

Bacteroidetes and Firmicutes are the most abundant phyla between the WG group and the CG group of the Alpine musk deer. The former has more Firmicutes, while the latter displays more Bacteroidetes. The genera with high abundance in the WG group are concentrated in Firmicutes and most of them have the ability to degrade fiber, including Clostridium, Roseburia, Dorea, Blautia, and Faecalibacterium. While, regarding the captive group, the genera at higher levels are mostly belonged to Bacteroidetes, including 5-7N15, Bacteroides, Paludibacter, Prevotella, and Paraprevotella.

The community constituent of the CG is similar to that reported from other ruminants, and Firmicutes form the most abundant microbial community in the gut, followed by Bacteroidetes (Ley et al., 2008; Brulc et al., 2009), and a similar result has previously been reported for another species in the same genus, the forest musk deer (Moschus berezovskii) (Li et al., 2017). The WG group has more Firmicutes, while the CG group expresses more Bacteroidetes, especially Bacteroides and Prevotella. Such result is also similar to that reported on captive primates, due to dietary changes, especially the decreased fiber components, microbiota in captive primates become colonized by human-associated gut bacterial genera Bacteroides and Prevotella (Clayton et al., 2016).

Dietary habits are considered as one of the main factors contributing to the diversity of gut microbiota, and taxonomic shifts in microbiome composition corresponding to dietary variation (Backhed et al., 2005). The two musk deer populations share a similar climate, so that we classify the factors under farm breeding, such as diet and sanitation as human intervention. The WG in the Helan Mountains are well protected from illegal hunting by nature reserve, so the largest obstacle to their survival in winter is food shortage. The diets of WG reveal a diverse diet spectrum, mostly consisting of leaves and branches containing high fibers, whereas CG’s diet has a regular recipe mainly containing carrot, corn, dry leaves and fodder, they have higher level of fat and simple carbohydrates, low in fibers compared to that of WG (Supplementary Tables 1, 2). The cellulose contents taken by the WG are approximately three times higher than that in the CG. Different dietary intake and microbial profiles may result in altered colonic fermentation patterns, leading to different fecal SCFA concentrations. Such differences in composition and proportion also lead to the changes in metagenomic function and energy intake of the Alpine musk deer.

Therefore, the ability to absorb nutrients from high-fiber foods is the key to the survival of wild musk deer, and high F/B ratios in gut microbiota are clearly of great significance. WG shows higher F/B ratios in this regard. A study on the associations between gut microbes and nutrient absorption in humans has shown stool energy loss in lean individuals, such as a 20% increase in Firmicutes and a corresponding decreased of Bacteroidetes are associated with an increased energy harvest of 150 kcals (Jumpertz et al., 2011). It has been suggested that a higher F/B ratio may be associated with the increased energy harvest from colonic fermentation and the increased production of SCFAs (Ley et al., 2006). Referring to the F/B ratio, it is possible that the energy intake capacity of WG is better than CG.

The genera found in WG, such as Clostridium, Ruminococcaceae, Roseburia, Oscillospira, Anaerostipes, Dorea, Blautia, and Faecalibacterium, can degrade fibers to produce organic acids and SCFAs (Koh et al., 2016). For example, Phascolarctobacterium species produce propionate via succinate fermentation (Dot et al., 1993), Blautia is known an acetogen (Park et al., 2012), Faecalibacterium and Roseburia are butyrate producers (Duncan et al., 2002; Holmstrøm et al., 2004). SCFAs, mainly including acetate, propionate and butyrate, are the major anions in the gut, and are rapidly absorbed by colonic epithelial cells. A large amount of acetate enters systemic circulation, mainly from peripheral tissues for lipid production; propionate is mainly consumed by the liver for gluconeogenesis; butyrate is the preferred source of energy for colon cells (Pomare et al., 1985; Scott et al., 2008). Having comprehensively analyzed the structure of nutrients and bacteria we speculate that the higher abundance of flora are associated with digestive fiber increasing rate of nutrient uptake from the food in WG, possibly by generating more SCFAs, which are thought to be responsible for approximately 50–70% of the energy supply for ruminants (Bergman, 1990). The significant enrichment of fiber-degrading bacteria in the wild population corresponds to its higher fiber feeding, indicating that the intestinal microbes play an active role in helping the host to absorb nutrients and adapt to the environment.

High abundance genera in the CG, Prevotella and Bacteroides have been considered to be associated with diet-related gut microbial enterotypes in humans (Wu et al., 2011). Prevotella is a common bacterial genus capable of degrading hemicellulose, pectin and simpler carbohydrates, such as those expected in fruits and low-complexity fibrous resources (Russell and Baldwin, 1979). CG has high abundance in Euryarchaea and methanogens. The abundance of methanobacteriaceae in CG is significantly higher than WG (Figures 2A, 5), and Methanobacteria is methanogens (Liu and William, 2008). As a byproduct of rumen fermentation of methanogens, methane results in energy loss (Morgavi et al., 2010).
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FIGURE 5. Comparison of methanobacteriaceae relative abundance between CG and WG.


The species richness and structure of the intestinal microbiota can often reflect the health status of the body, and disease may be caused by abnormal flora, while some species help resist the occurrence of some intestinal diseases. Butyrate generated by fiber degradation is related to the decreasing of inflammation in the body (Wolever et al., 1989; Scheppach, 1994; De Filippo et al., 2010; Zhang et al., 2015). Butyrate and propionate can protect against colorectal cancer and inflammation, at least partly by inhibiting histone deacetylases HDACs (Johnstone, 2002; Flint et al., 2012). Another important biomarker of CG, Treponema, is a genus of spiral-shaped bacteria, whose subspecies are responsible for diseases such as syphilis, bejel, and yaws (Antal et al., 2002). The investigation of captive forest musk deer shows that gastrointestinal diseases are the most common and have high mortality rates, reaching approximately 30% (Li et al., 2017). The high incidence of gastrointestinal diseases in CG may be related to intestinal flora. Proteobacteria were also significantly enriched in CG which is considered as a marker of intestinal disorders (Shin et al., 2015).



Metagenomic Function and Energy Intake of Musk Deer

Metabolic pathways with higher abundance in WG include ABCB-BAC (K06147) and the Ca2+-transporting ATPases (K01537, EC 3.6.3.8). The Ca2+-transporting ATPases are P-type ATPases that undergo covalent phosphorylation during the transport cycle. This enzyme family comprises three types of Ca2+-transporting enzymes that are found in the plasma membrane, the sarcoplasmic reticulum and in yeast. Ca2+ is transported from the cytosol into the sarcoplasmic reticulum in muscle cells (Inesi et al., 1982; MacLennan et al., 1997). ABCB-BAC is an ATP-binding cassette, subfamily B. The ATP-binding cassette (ABC) transporter superfamily is one of the largest gene families and encodes a functionally diverse group of membrane proteins involved in the energy-dependent transport of a wide variety of substrates across membranes (Dean and Allikmets, 1995). Subfamily B is considered the only human subfamily to have both half and full types of transporters. ABCB1 was discovered as a protein overexpressed in certain drug-resistant tumor cells, and cells that overexpress this protein exhibit multi-drug resistance (Dean et al., 2001). Exporters or effluxers, which are present in both prokaryotes and eukaryotes, function as pumps that extrude toxins and drugs out of the cell (Davidson et al., 2008).

Focusing on the metabolic pathways in the CG group, we found that most of the highly expressed or unique compounds shown in the KEGG pathways are associated with glucose metabolism. Hydroxymethylglutaryl-CoA synthase is an enzyme that catalyzes the reaction in which acetyl-CoA condenses with acetoacetyl-CoA to form 3-hydroxy-3-methylglutaryl-CoA (HMG-CoA) (Theisen et al., 2004), which is an intermediate in both cholesterol synthesis and ketogenesis (Ruiz-Albert et al., 2002). This reaction is over-activated in patients with diabetes mellitus type I if left untreated. The CG group shows significant overrepresentation of glycosyltransferase pathways, mainly related to their high-carbohydrate diet.

In addition, the enrichment of methane metabolic pathways in CG is directly related to increased methane production (Shi et al., 2014). Macromolecular hydrolysis and microbial fermentation produce large amounts of hydrogen, which, if accumulated in an uncontrolled manner, inhibits microbial metabolism and prevents metabolic cascades (Flint, 1997; Hobson and Stewart, 2012). The use of hydrogen is mainly carried out by methanogens (archaea) and acetogens, as well as microorganisms that reduce sulfate and nitrate to a lesser extent (Morvan et al., 1996; Müller, 2003; Lin et al., 2011). Enrichment of methane metabolic pathways and the increase of methanogens in captive individuals, show that captive individuals are more dependent on methane metabolic pathways, while wild individuals are enriched in acetogens and functional gene deletions in methane production pathways, showing more dependence on acetogens for hydrogen utilization. SCFAs are valuable for the energy requirements of the host, while methane and its retained energy are emitted into the atmosphere. From the wild to the captivity, the changes in the flora function caused by different diet directly lead to an increase in the level of methane metabolism, which affects the efficiency of the energy absorption.

Before we studied the intestinal flora of musk deer, we had investigated the feeding habits of the two musk deer groups. Unlike the fixed diet of CG, the WG has many more choices. In addition to high-nutrition food, they are also willing to eat plants containing secondary metabolites and minerals, which are beneficial for health. In fact, many of the plants which they prefer are herbs, but most of those plants have not been identified. Although we only studied the feeding habits and intestinal flora of the WG during one season, many unique enzymatic reactions shown on the KEGG signaling pathways are associated with secondary metabolites in plants and provide some clues. We found many traces suggesting excavation of fungi by musk deer (Supplementary Figure 7). As a primary component of cell walls in fungi (Tang et al., 2015), chitin is thought to be able to activate the innate immune system through eosinophils or macrophages, as well as an adaptive immune response through T helper cells (Elieh Ali Komi et al., 2017). Acetyl xylan esterase and chitin deacetylase have the function to digest the cell walls of fungi and plants, chitin in fungal cell walls, and dermatoplasm in bacterial cell walls. The high abundance of chitinase in the WG intestinal flora is related to their fungal diet; it also confirmed the correlation between the function of intestinal microbe flora and diet.

Referring to the results found in this study, it is clear that the impacts caused by different dietary selection and living environment, which have resulted in different intestinal flora of musk deer, are remarkable. Although intestinal flora has a certain degree of the plasticity in helping the host adapt to the changes from natural to artificial dietary supplies, some potential health risks to captive populations cannot be ignored; such as the declining nutrient absorption efficiency and the increasing of potential pathogenic bacteria. During breeding period the individuals in the captivities require a variety of dietary components. Meanwhile the proportion of dietary fibers should be appropriately increased to help musk deer maintain a stable and health intestinal flora under artificial environment. To improve captivity-based breeding programs more experiments are still required to search for ideal ways of narrowing the gap between wild and captivity group in terms of dietary selection, which would play in important role in musk deer conservation.
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Due to the increased economic demand for livestock, the number of livestock is increasing. Because of human interference, the survival of wild animals is threatened in the face of competition, particularly in co-inhabited grazing pastures. This may lead to differences in the adaptability between wild and domestic animals, as well as nutritional deficiencies in wild animals. The gut microbiota is closely associated with host health, nutrition, and adaptability. However, the gut microbiota diversity and functions in domestic and wild animals in co-inhabited areas are unclear. To reveal the adaptability of wild and domestic animals in co-inhabited areas based on gut microbiota, we assessed the gut microbiota diversity. This study was based on the V3–V4 region of 16S rRNA and gut microbiota functions according to the metagenome analysis of fresh fecal samples in wild goitered gazelles (Gazella subgutturosa) and domestic sheep (Ovis aries) in the Qaidam Basin. The wild and domestic species showed significant differences in alpha- and beta-diversities. Specifically, the alpha-diversity was lower in goitered gazelles. We speculated that the nutritional and habitat status of the goitered gazelles were worse. The gut microbiota functions in the gazelles were enriched in metabolism and cellular processes based on the KEGG database. In summary, we reasoned that gut microbiota can improve the adaptability of goitered gazelles through energy maintenance by the functions of gut microbiota in the face of nutritional deficiencies. These findings highlight the importance of gut microbiota diversity to improve the adaptability of goitered gazelles, laying a foundation for the conservation of wild goitered gazelles. In addition, we further provide management suggestions for domestic sheep in co-inhabited grazing pastures.
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INTRODUCTION

Wild and domestic animals that co-inhabit the same regions face similar environmental challenges and may compete for food (Xu et al., 2008a). Due to the increasing demand for livestock, their numbers continue to increase (McDonald et al., 2019) and domestic animals may encroach on wildlife resources, imposing new selection pressures on wild animals, particularly in the grazing pastures (Scasta et al., 2016; Zhao et al., 2019). Monitoring the adaptability of wild and domestic animals in co-inhabited areas is essential to the conservation of wild animals and also benefits the management of domestic animals (Woodcock et al., 2005).

The Qaidam Basin is an inland basin in the northern Qinghai Province, marked by drought, levels of evaporation that exceed precipitation, long cold winters, and large temperature variations. The average annual temperatures range from 1.2 to 4.3°C and the elevation ranges from 2600 to 3000 m (Shi et al., 2005; Wei et al., 2014; Zhong et al., 2014), in which the natural conditions are harsh. In the Qaidam Basin, the composition of the vegetation is simple, with deserta most prevalent. The vegetation coverage is less than 5%. The main plants include Nitraria tangutorum, Sympegma regelii, Kalidium foliatum, and Salsola collina (Zhong et al., 2014). Meanwhile, the Qaidam Basin is the main habitat of goitered gazelles in Qinghai Province (Northwest Institute of Plateau Biology, 1989) and the main domestic animals here are sheep. Gazella subgutturosa (Güldenstaedt, 1780), also known as goitered gazelles, are inhabitants of deserts and semi-deserts (IUCN SSC Antelope Specialist Group, 2017). Studies on goitered gazelles have focused on feeding habits, behavioral characteristics, and physiological and ecological adaptation (Ostrowski and Joseph, 2006; Ostrowski et al., 2006; Chu et al., 2008; Xu et al., 2008a, b; Blank et al., 2012, 2015). Goitered gazelles adapt to water and food shortages by changing their organ size (Ostrowski et al., 2006), but knowledge of their gut microbiota and its adaptability are sparse. Goitered gazelles in the Qaidam Basin are rarely assessed and studies on the gut microbiota of domestic sheep (Ovis aries) have been limited to health and nutritional assessments (Tanca et al., 2017; Thomas et al., 2019). As sheep are an economic species, the main points of interest include health maintenance, disease treatment, and weight-gaining approaches (Houston et al., 2000; Al-Dabeeb, 2005; Supratman et al., 2018). The dietary overlap between wild goitered gazelles and domestic sheep during winter in the Karamely Mountain can reach 0.935, suggesting that the two species are likely to face food competition (Chu et al., 2008). Nuomuhong County in the Qaidam Basin (our sampling area) is an area co-inhabited by wild goitered gazelles and domestic animals. Due to human interference, domestic animals generally feed in high-quality pastures. Hence, wild animals inhabiting the Qaidam Basin may face low food quality coupled with severe cold during the winter months (Li et al., 2013). Compared to domestic sheep, wild goitered gazelles face greater survival challenges and higher competitive pressure in winter on the Qaidam Basin. In this study, the Nuomuhong County in the Qaidam basin was selected as a representative site to study the adaptability of wildlife and domestic animals in co-inhabited areas.

The gut microbiota reflects and regulates the metabolic and immune responses of the host, each of which are a key to host adaptation (Ross et al., 2010; Fischbach and Sonnenburg, 2011; Payne et al., 2012; Drissi et al., 2014; Trompette et al., 2014; Sun et al., 2016; Tanca et al., 2017; Gazzaniga and Kasper, 2018; Huang et al., 2018). In herbivores, the gut microbiota is dominated by Firmicutes and Bacteroides, the functions of which are related to cellulose digestion (De Filippo et al., 2010; Bergmann et al., 2015; Xue et al., 2016). An array of environmental factors influence the composition and function of the gut microbiota, including diet, host genetics (Zhang et al., 2015; Li et al., 2018; Pereira-Marques et al., 2019), and habitat (Huang et al., 2018). Variations in gut microbiota composition and function are associated with food intake (Claesson et al., 2012; Zhao et al., 2017; Zmora et al., 2018). The gut microbiota are influenced by the digestive system of the host, producing specific metabolites that affect both metabolism and host health (Vrieze et al., 2010; Clemente et al., 2012; Xu et al., 2013). Studies on the Alaskan moose found that a high starch diet led to an abundance of archaea in the rumen (Ishaq and Wright, 2012). Due to similar high-cellulose diets in Yunnan snub-nosed monkeys (Rhinopithecus bieti) and cows, the gut microbiota diversity of these species is comparable (Xu et al., 2015). When food is abundant, Bacteroides thetaiotaomicron fully utilize glycogen. However, when food polysaccharides are in short supply, Bacteroides thetaiotaomicron uses proteins and glycolipids to synthesize polysaccharides (Shen, 2012). It is accepted that host genes influence the diversity and function of the gut microbiota (Khachatryan et al., 2008; Turpin et al., 2016), which can be differentiated according to species (Turpin et al., 2016; Ding et al., 2017; Crespo-Piazuelo et al., 2019; Quan et al., 2019). The colonization of microorganisms from the environment into the animal gut represents a screening process. Environmentally ingested microorganisms can be directly excluded or eliminated due to competition with the gut microbiota (Smith et al., 2015). The gut microbiota composition of fish differs in salt vs. freshwater (Sullam et al., 2012). Habitat also significantly impacts the gut microbiota of frog species living in farmlands and forests. Due to different selection pressures, the gut microbiota functions of farmland frogs are more diverse (Huang et al., 2018). Habitat degradation is associated with a loss of alpha diversity (Amato et al., 2013). In cold environments, physiological adaptations occur in mammals and the gut microbiota promotes intestinal regulation and absorption, enhancing food and energy utilization (Gomez De La Torre Canny and Rawls, 2015). The gut microbiota also provides energy through the fermentation of non-digestive carbohydrates to short-chain fatty acids (Tremaroli and Bäckhed, 2012). Moreover, the gut microbiota is conducive to host energy compensation (Amato et al., 2015; Sommer et al., 2016). For example, brown bears enhance their energy compensation during hibernation periods (Sommer et al., 2016).

Previous comparative studies on gut microbiota involved captive and wild populations and focused on health and reintroduction problems (Glad et al., 2010; Cheng et al., 2015; Guan et al., 2017; Li et al., 2017). In general, significant differences exist between the gut microbiota of wild and domestic animals (Scupham et al., 2008; Lyu et al., 2018), because of the variation in habitats or diet (Borbon-Garcia et al., 2017; Li et al., 2017). However, these studies were limited to wild animals (Moeller et al., 2013; Menke et al., 2014; Yang et al., 2016). At present, no comparative studies on the gut microbiota diversities between wild and domestic animals in co-inhabited area of the Qaidam Basin have been performed. It is currently unclear whether wild goitered gazelles are influenced by domestic sheep and what the relationship is between gut microbiota and their adaptability. We speculated that due to disturbances in grazing, the nutritional level and habitat quality of wild goitered gazelles was decreased, leading to changes in the gut microbial diversity and function.

In this study, we collected 33 fresh fecal samples by a non-invasive sampling method in the Qaidam Basin to compare the diversity and function of the gut microbiota between wild goitered gazelles (Gazella subgutturosa) and domestic sheep (Ovis aries). The diversity of the V3-V4 regions of the 16S rRNA community structure and functions based on metagenome data were analyzed. Our results lay the foundation for the conservation of wild animals and the management of domestic animals.



MATERIALS AND METHODS


Ethics Statement

All experiments, including the sample collection methods, followed the principles of the Ethical Committee for Experimental Animal Welfare of the Northwest Institute of Plateau Biology.



Sample Collection

The green solid lines in Figure 1 represent the sampling area in which goitered gazelles and sheep typically forage, though it was not restricted to these areas. According to our investigation, the numbers of goitered gazelles ranged from 150 to 200 (unpublished data) in our sampling area. Goitered gazelles in Nuomuhong County gather together in a regular drinking route (sheep path) in the morning and evening. Their rest shrubs are relatively fixed at night. They typically defecate 1 – 2 times per day and defecation times are concentrated in the mornings and evenings. Fresh fecal material is typically observed near the shrubs where they spend the night. The four sites marked in Figure 1 represent the overnight sites of goitered gazelles, which formed the sampling sites of this study. The sheep feed during the day under the direction of the shepherd and are returned to the sheep pen overnight. The sampling sites of the sheep shown in Figure 1 represent the location of the pen. Samples were collected in the morning prior to the sheep exiting the pen. The sampling areas and sites were geocoded with ArcGIS (V10.5).
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FIGURE 1. (A) Sampling area and sites in Nuomuhong County. (B) A male goitered gazelle in its shrub habitat. (C) Fresh fecal pellets of a goitered gazelle.


The fecal pellets of goitered gazelles were concentrated rather than scattered on the ground, allowing their identification as from individuals not groups. We selected larger, oval samples to ensure they came from adults. Five samples were collected (one per individual) from each sampling site in a single day. Samples were not collected from the same sites on subsequent days to avoid collecting samples from the same individual. The sampling time of the four sites was from December 1 to December 4, 2016. As domestic sheep gather in large groups, only a single sampling point was assessed.

A total of 20 fresh fecal samples from goitered gazelles and 13 fresh fecal samples from domestic sheep were collected. The goitered gazelle samples were labeled from WGS1 to WGS20 and the sheep samples were labeled from WSE1 to WSE13. During sampling, disposable polyethylene (PE) gloves were used to avoid contamination. The collected fecal samples were added to self-sealing bags, numbered, and recorded. The PE gloves were changed upon the collection of subsequent samples. Following collection, all samples were stored at −20°C for a maximum of 1 week. Samples for prolonged storage were stored at −80°C in the Northwest Institution of Plateau Biology. The goitered gazelles and domestic sheep were allowed to naturally defecate for the morning sample collections.



DNA Extraction, Amplification, and Sequencing

DNA from 33 samples was extracted using the CTAB method and the V3-V4 region of 16S rRNA was amplified using 341F-806R specific primers (341F: 5′-CCTAYGGGRBGCASCAG-3′, 806R: 5′-GGACTACNNGGGTATCTAAT-3′). PCR reactions were performed in a reaction volume of 30 μL and included Phusion® High-Fidelity PCR Master Mix with GC Buffer (New England Biolabs, 15 μL), primers (3 μL), gDNA (10 μL) and H2O (2 μL) using the grads PCR instrument (Bio-Rad T100). PCR conditions were as follows: denaturation at 98° for 1 min, 30 cycles of denaturation at 98°C for 10 s, annealing at 50°C for 30 s, extension at 72°C for 30 s, and a final extension at 72°C for 5 min. The PCR products were assessed by 2% agarose gel electrophoresis. The 400 – 450 bp products were gel-purified with GeneJET Gel Extraction Kits (Thermo Scientific).

Illumina TruSeq DNA PCR-Free Library Preparation Kits (Illumina, United States) were used for library sequencing according to the manufacturer’s protocols. Index codes were added to all samples. The Qubit@ 2.0 Fluorometer (Thermo Scientific) and the Agilent Bioanalyzer 2100 systems were used to assess library quality and the 250 bp paired-end reads were obtained after sequencing on the Illumina HiSeq platform.



Metagenome Sequencing and Annotation

Eight fecal samples (four from goitered gazelles and four from domestic sheep) were randomly selected for metagenome analysis to sequence the total microbial DNA. Qubit was used to quantify the DNA concentrations and the DNA samples were randomly restricted into 350 bp segments using Covaris. Inter-sizes were detected using the Agilent 2100 library and the samples were diluted to 2 ng/uL. The libraries were quantified using Q-PCR and sequenced by Illumina PE150. Reads in the raw data with quality scores ≤ 38, N numbers ≥ 10 bp, and overlap lengths ≥ 15 bp were deleted by Readfq software1 (V8). Bowtie2 software was used to avoid host contamination (Karlsson et al., 2012, 2013). The parameters were –end-to-end, –sensitive, and -I 200, -X 400. Clean data were used for subsequent analysis.

Assembly analysis was performed using SOAP de novo software (version 2.04) (Luo et al., 2012). The samples were assembled according to K-mer = 55 using parameters of -d 1, -M 3, -R, -u, and -F (Scher et al., 2013; Qin et al., 2014; Brum et al., 2015; Feng et al., 2015). Scaffolds were interrupted from Ns to obtain Scaftigs lacking Ns (Mende et al., 2012; Nielsen et al., 2014; Qin et al., 2014). To acquire unused PE reads, we mapped the clean reads to Scaftigs with Bowtie2 software (Karlsson et al., 2012, 2013) and the parameters were –end-to-end, –sensitive, –I 200, –X 400. The unused reads were mix-assembled based on K-mer = 55 (Qin et al., 2010; Karlsson et al., 2012, 2013; Qin et al., 2014). We used Scaftigs with lengths ≥ 500 bp for subsequent analysis (Karlsson et al., 2013; Li et al., 2014; Nielsen et al., 2014; Zeller et al., 2014; Sunagawa et al., 2015).

ORF (open reading frame) predictions for Scaftigs were produced from mixed assemblies using MetaGeneMark (Zhu et al., 2010; Karlsson et al., 2012; Mende et al., 2012; Li et al., 2014; Qin et al., 2014; Oh et al., 2014). Sequences < 100 nt were discarded (Qin et al., 2010; Nielsen et al., 2014; Zeller et al., 2014; Sunagawa et al., 2015). CD-HIT (Li and Godzik, 2006; Fu et al., 2012) was used to remove redundancies to obtain initial gene catalogs. Cluster default parameters were used to identify 95%, coverage 90%, -c 0.95, -G 0, -aS 0.9, -g 1, and -d 0. The longest sequences were selected as representative. The clean data were mapped to the gene catalog to acquire the numbers of reads in each sample based on Bowtie2 software. The parameters were –end-to-end, –sensitive, -I 200, -X 400. Following gene deletion, the number of reads was ≤2 (Karlsson et al., 2012; Qin et al., 2012). The final gene catalog was obtained following further analysis. According to the read numbers and gene lengths, the relative abundance of the unigenes was calculated.

DIAMONDE software (Buchfink et al., 2015) was used to compared the unigenes, including bacteria, fungi, archaea, and viruses, in the NCBI NR database (Version: 2018.01) (blastp, e-value ≤ 1e-5) (Karlsson et al., 2013). We selected data with minimum e-values for further analysis based on the LCA algorithm (Huson et al., 2011). The unigenes were compared to the KEGG database (Kyoto Encyclopedia of Genes and Genomes) with DIAMONDE software to obtain annotation information on functions (blastp, e-value ≤ 1e-5) (Li et al., 2014; Feng et al., 2015). Data with the highest scores (one HSP > 60 bits) were selected for subsequent analysis (Qin et al., 2012; Karlsson et al., 2013; Li et al., 2014; Backhed et al., 2015). Relative gene abundances were annotated at the functional level (Karlsson et al., 2012; Li et al., 2014).



Data Analysis

FLASH (Magoč and Salzberg, 2011) was used to merge paired-end reads to obtain raw Tags. Quality control of the raw Tags was performed with QIIME (Caporaso et al., 2010). Chimeras were removed after comparison of the Tags to the Gold database (Edgar et al., 2011; Haas et al., 2011). Effective Tags were finally obtained.

Effective Tags with ≥ 97% similarities were clustered into the same OTUs (operational taxonomic units) and richness was counted using Uparse software (Edgar, 2013). The highest frequency OTUs were selected as representative and individual singletons were removed with Uparse software (Edgar, 2013). Annotation information was obtained at seven levels (kingdom, phylum, class, order, family, genus, and species) through the comparison of representative OTUs with the SSUrRNA database (Quast et al., 2013) in SILVA (Wang et al., 2007) (threshold: 0.8∼1) using the Mothur method (Schloss et al., 2009). Sequence alignments were performed with MUSCLE software (Edgar, 2004). Alpha- and beta- diversity analyses were performed based on the normalized sample data.

Chao1, Shannon, Simpson, and ACE indices were calculated using Qiime software (Caporaso et al., 2010). The intergroup differences were analyzed with R software2 at the alpha-diversity level. At the beta-diversity level, the unweighted and weighted Unifrac distances and UPGMA (Unweighted Pair-group Method with Arithmetic Means) trees were calculated using Qiime software (Caporaso et al., 2010). PCA analysis (packages “ade4” and “ggplot2”) (Dray et al., 2018; Wickham et al., 2019), Anosim analysis (packages “vegan,” anosim function) (Oksanen et al., 2019), heatmap (packages “pheatmap”) (Perry, 2016) and Metastats analysis were performed with R software (packages “optparse”) (Davis, 2019). LefSe (linear discriminant analysis effect size) analysis was performed using LefSe software (Segata et al., 2011). The LDA (linear discriminant analysis) score was 4.



RESULTS


Gut Microbiota Profiles

According to 16S rRNA data, we identified 2,626,321 reads, 2,358,917 of which were combined with an average length of 410.15 bp (Supplementary Table A). A total of 2,107,371 qualified reads were produced, including 63,860 reads per sample. The qualified reads ranged from 45,828 to 72,205 per sample. The average length of the reads was 409.7 bp, with Q20 ≥ 98% and Q30 ≥ 96% (Supplementary Table B). Both the rarefaction curves and species accumulation plots indicated a relationship between sequencing depth and OTU numbers. All rarefaction curves (Figure 2A) were smooth, indicating a sufficient sequence depth with a very low possibility of discovering new OTUs. The species accumulation boxplots (Figure 2B) tended to be smooth, indicating sufficient sequencing depth. The possibility of new OTUs did not significantly increase with larger sampling size.
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FIGURE 2. (A) Rarefaction Curves. X-axis: number of randomly selected sequences in the samples; y-axis: number of OTUs based on the sequences. Individual samples are represented by different colors. (B) Species accumulation boxplots. X-axis: sample size; y-axis: number of OTUs after sampling.


At the OTU level, according to 97% sequence-similarity thresholds, 2205 OTUs were shared by the goitered gazelles and domestic sheep. A total of 317 OTUs were unique to goitered gazelles, whereas 213 OTUs were unique to domestic sheep. This suggested that the composition of the two species is comparable at the OTU level. The gut microbiota of the goitered gazelles was classified into 25 phyla, 130 families and 246 genera (including unclassified entries). The gut microbiota of the sheep was divided into 21 phyla, 112 families, and 229 genera (including unclassified entries). The relative abundance of the top 10 phyla, top 10 families, and top 10 genera is shown in Figure 3.
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FIGURE 3. (A) Phylum level: top 10 phyla in the gut microbiota of goitered gazelles and domestic sheep. (B) Family level, top 10 families in the gut microbiota of goitered gazelles and domestic sheep. (C) Genus level, top 10 genera in the gut microbiota of goitered gazelles and domestic sheep.




Gut Microbiota Composition

At the phylum level, Firmicutes (76.40% ± 0.93%; 71.03% ± 1.83%) and Bacteroides (17.17% ± 0.85%; 21.84% ± 1.58%) were the core phyla (relative abundance ≥ 1%) in both the goitered gazelles and sheep. These results were consistent with other previous studies (Bergmann et al., 2015; Xue et al., 2016; Tanca et al., 2017). The Firmicutes/Bacteroides ratio in goitered gazelles was 4.670 ± 1.091 and 3.686 ± 2.012 in sheep. The bacteria from the two phyla are related to cellulose and carbohydrate digestion (De Filippo et al., 2010; Li et al., 2017). According to Metastats analysis, the relative abundance of Firmicutes in the goitered gazelles was significantly higher than that in domestic sheep, whereas the relative abundance of Bacteroides was significantly lower (P < 0.05). Thaumarchaeota, Synergistetes, Chlorobi, and TM6 were only identified in goitered gazelles. The relative abundance of each sample at the phylum level is shown in Figure 4A.
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FIGURE 4. (A) Phylum level: top 25 phyla in the gut microbiota samples. (B) Family level: top 15 families in the gut microbiota. (C) Genus level: top 15 genera in the gut microbiota samples.


We identified 10 core families (including unclassified families) shared by both species. The top three families in terms of relative abundance were Ruminococcaceae (47.14% ± 0.70%, 40.71% ± 1.96%), Lachnospiraceae (16.92% ± 0.53%, 8.50% ± 0.47%), and Rikenellaceae (7.83% ± 0.47%, 8.64% ± 0.75%), all shared by both species. The relative abundance of Ruminococcaceae and Lachnospiraceae in goitered gazelles was significantly higher than that in domestic sheep (P < 0.05), whereas the relative abundance of Enterobacteriaceae was lower in gazelles (P < 0.01). In the 10 core families, six showed significance (P < 0.05) based on Metastats analysis. These included Ruminococcaceae, Lachnospiraceae, Christensenellaceae (5.79% ± 0.27%, 8.42% ± 0.53%), Bacteroidaceae (3.69% ± 0.19%, 5.65% ± 0.48%), Peptostreptococcaceae (1.03% ± 0.09%, 3.87% ± 1.07%), and Peptococcaceae (1.01% ± 0.08%, 1.32% ± 0.10%) in goitered gazelles and sheep, respectively. The relative abundance of each sample at the family level is shown in Figure 4B.

At the genus level, 13 core genera (including unclassified genera) were shared by the goitered gazelles and the sheep. According to Metastats analysis, only eight genera showed significant differences (P < 0.05), including Ruminococcaceae_UCG-005 (15.93% ± 0.42%, 11.17% ± 0.58%), Christensenellaceae_R-7_group (5.66% ± 0.27%, 8.10% ± 0.51%), Eubacterium_coprostanoligenes_group (5.39% ± 0.22%, 4.11% ± 0.27%), Ruminococcaceae_UCG-013 (4.62% ± 0.22%, 3.28% ± 0.23%), Bacteroides (3.69% ± 0.19%, 5.65% ± 0.48%), Ruminococcaceae_UCG-014 (3.26% ± 0.22%, 2.28% ± 0.19%), Tyzzerella_4 (2.30% ± 0.08%, 1.12% ± 0.07%), and Alistipes (1.64% ± 0.15% 1.16% ± 0.07%) in goitered gazelles and sheep, respectively. The predominant bacteria in goitered gazelles was consistent with sika deer and takin and included Ruminococcaceae_UCG-005 and Ruminococcaceae_UCG-010 that are related to cellulose degradation (Chen et al., 2017; Guan et al., 2017). Prevotella is a common genus in the gut microbiota of herbivores (Xue et al., 2016; Wang et al., 2017) but was not identified in either the goitered gazelles or the sheep. The relative abundance of each sample at the genus level is shown in Figure 4C.

Potentially pathogenic bacteria also colonized the gastrointestinal tract of both species. The relative abundance of Campylobacter, Helicobacter, and Shigella in the sheep was significantly higher than that of the goitered gazelles. Campylobacter is associated with inflammatory bowel disease and sheep abortions (Skirrow, 1994; Gradel et al., 2009). Helicobacter is related to peptic ulceration and gastric neoplasia (Blaser and Atherton, 2004). Shigella is related to bacterial dysentery (Seekatz et al., 2013). The relative abundance of streptococcus in the goitered gazelles was significantly higher than that in the sheep. Some streptococcal species are pathogenic and cause diseases such as pharyngitis, necrotizing fasciitis, and streptococcal toxic shock syndrome (Athey et al., 2016).



Intragroup and Intergroup Differences in Gut Microbiota Structures

From assessment of the gut microbiota structures (Figures 3, 4) and the heatmap (Figure 5), the composition of all samples was similar. The composition of WSE5 did differ, but this sample was not removed.
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FIGURE 5. Heatmap of the top 15 bacteria in all samples (A) at the phylum level, (B) family level, (C) and genus level.


At the alpha-diversity level, according to Wilcoxon tests, the Shannon index (goitered gazelle = 8.06; sheep = 8.36; P = 0.0297), Simpson index (goitered gazelle = 0.989; sheep = 0.992; P = 0.0219), Chao 1 index (goitered gazelle = 1306; sheep = 1438; P = 0.00064), and ACE index (goitered gazelle = 1311; sheep = 1445; P = 0.000071) (Figure 6), the gut microbiota in sheep was more diverse than that in goitered gazelles. From the UPGMA tree (Bray–Curtis), the gut microbiota of goitered gazelles and sheep clustered into two categories that were distinctly separated (Figure 7A). At the beta-diversity level, PCA (principal component analysis) (Figure 7B) showed clear differences between the groups, which was confirmed by Anosim analysis (R = 0.867, P = 0.001), indicating significant differences between goitered gazelles and sheep. The intergroup distances were greater than the intragroup differences. According to Lefse analysis (Figure 8), 23 biomarkers were identified (LDA score: 4). The relative abundance of Bacteroidetes, Proteobacteria, Christensenellaceae, Peptostreptococcaceae, Bacteroides and Romboutsia was significantly higher in sheep, whereas Firmicutes, Ruminococcaceae, and Ruminococcaceae_UCG-005 were significantly higher in goitered gazelles.


[image: image]

FIGURE 6. Comparison of alpha-diversity indexes between goitered gazelles and sheep based on the (A) Shannon, (B) Simpson, (C) Chao 1, and (D) ACE indices.
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FIGURE 7. (A) Bray–Curtis UPGMA tree. The samples are labeled in different colors. (B): Cluster analysis by PCA (principal component analysis).
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FIGURE 8. Lefse analysis of the gut microbiota in goitered gazelles and domestic sheep. (A) Cladogram of gut microbiota communities. (B) Biomarker genes and their LDA scores (LDA score = 4).




Comparative Analysis of Metagenome Functions and Contributing Bacteria

We obtained a total of 401,727,108 reads, 60,259.07 M of clean data. Q30 and Q20 were above 96 and 90%, respectively, in the clean data. We obtained 1,800,923 ORFs with an average length of 596.86 bp based on the metagenomic analysis.

The functions of gut microbiota in the goitered gazelles and sheep were mainly enriched in “Metabolism” and “Cellular Processes” (P < 0.05). Forty-nine functions were significantly enriched in the goitered gazelles (P < 0.05) (Supplementary Table C), mainly regarding “Carbohydrate and amino acid metabolism.” Moreover, the relative abundance of 49 functions in the goitered gazelles was greater than that of the sheep. The top six were “Starch and sucrose metabolism” (ko00500), “Cysteine and methionine metabolism” (ko00270), “Galactose metabolism” (ko00052), “Peptidoglycan biosynthesis” (ko00550), “Oxidative phosphorylation” (ko00190), and “Phenylalanine, tyrosine and tryptophan biosynthesis” (ko00400). The gut microbiota of the goitered gazelles was significantly enriched in energy metabolism. Six significant differences associated with Cellular Processes were observed between the goitered gazelles and the sheep (Supplementary Table D), including Biofilm formation – Pseudomonas aeruginosa, Ferroptosis, Cell cycle – Caulobacter, Biofilm formation – Vibrio cholerae, Autophagy – yeast, and Peroxisomes. The relative abundances in the goitered gazelles were also higher than those in the sheep.

According to species analysis with R software (Figure 9), Firmicutes and Bacteroidetes were the dominant phyla that contributed to “Metabolism” in both the goitered gazelles and the sheep. The remaining phyla that contributed to “Metabolism” were Actinobacteria, Euryarchaeota, Candidatus Saccharibacteria, Tenericutes, Proteobacteria, Synergistetes, and Planctomycetes. Firmicutes and Bacteroidetes were the dominant phyla contributing to Cellular Processes, followed by Actinobacteria, Tenericutes, Candidatus Saccharibacteria, Euryarchaeota, and Planctomycetes.


[image: image]

FIGURE 9. (A) Relative abundance of functional genes based on KEGG database and their contributing bacteria between goitered gazelle and domestic sheep with the same distribution at first level; (B) the relative abundance of contributing bacteria of top 5 functions showing significant differences between goitered gazelle and domestic sheep with the same distribution according to KEGG database at third level in Metabolism; (C) the relative abundance of contributing bacteria of top 5 functions showing significant differences at third level in Cellular Processes.




DISCUSSION


Main Factors in Alpha- and Beta- Diversity Between the Two Species

Differences in food composition are the major determinates of gut microbiota diversity (Ding et al., 2017; Ren et al., 2017). The food composition of goitered gazelles and sheep is different significantly (Chu et al., 2008; Xu et al., 2008a). The host genome dictates the nature of the gut microbiota (Turpin et al., 2016; Crespo-Piazuelo et al., 2019), explaining its species variation (Ding et al., 2017; Li et al., 2017; Quan et al., 2019). Goitered gazelles and sheep belong to Gazella and Ovis respectively, the relationship of which is distant (Chen and Jiang, 2013). We, therefore, speculated that significant differences in the gut microbiota structures between goitered gazelles and sheep would exist due to dietary and host genetic factors.

In the winter, the dietary niches of the goitered gazelles and sheep overlap, indicating food competition between the two species (Chu et al., 2008). Due to human intervention, the food quality of goitered gazelles is poorer than that of sheep. Sheep have a smaller range of activities and consume larger amounts of grass of high nutritional quality. In contrast, goitered gazelles have a wider forage range and often consume plants of poor nutritional quality (Xu et al., 2008a). The gut microbiota diversity is closely influenced by host-specific feeding ecology (De Filippo et al., 2010; Zmora et al., 2018). In winter, sheep consume higher levels of Stipa and Ceratoides, whereas goitered gazelles consume more Haloxylon ammodendron, Phragmites australis, Nitratia SPP, and Reaumuria soongorica (Chu et al., 2008; Xu et al., 2008a). Stipa has both high palatability and nutritional value, with a high content of crude protein, crude fat, and nitrogen-free extract, and low levels of crude fiber (Lu, 2016). The levels of crude protein, crude fat, and nitrogen-free extracts of Haloxylon ammodendron, Phragmites australis, and Nitratia SPP were lower than that of Stipa, whereas the content of crude fiber was higher than that of Stipa (Gao and Ji, 1996; Wu et al., 2017; Wang and Wu, 2018). Crude protein is the main nutrient of herbage. Crude fat and nitrogen-free extracts provide heat and energy (Lu, 2016). We speculate that, although the diversity and evenness index of food consumed by the goitered gazelles were higher than those of the sheep (Chu et al., 2008), due to the differences in nutritional structure, the gut microbiota diversity was lower than that of sheep (Hekmatdoost et al., 2008) and high levels of Ceratoides in sheep contribute to the increase in bacterial diversity in rumens (Yang et al., 2019).



The Adaptability Strategies of Sheep in Winter

The dietary composition observed in sheep seems to provide them an advantage to deal with harsh winter situations over the diet observed in goitered gazelles. The relative abundance of Peptococcaceae, Christensenellaceae, and Bacteroides in the domestic sheep was higher than that in the goitered gazelles and these bacteria improve the utilization of food and energy. Peptococcaceae is related to butyrate synthesis, through which colonocytes obtain their energy requirements (Nam et al., 2018) and increase their energy intake through the degradation of cellulose (Li et al., 2015). Bacteroidetes can improve both nutrient efficiency and host immunity by degrading carbohydrates and maintaining intestinal balance (Li et al., 2017; Zhang et al., 2018).



The Adaptability Strategies of Goitered Gazelles in Winter

The relative abundance of gut microbiota related to cellulose degradation in the goitered gazelles was higher than that of the sheep. Firmicutes can degrade cellulose into volatile fatty acids to provide energy for the host, whereas Bacteroidetes degrade carbohydrates and proteins to improve the utilization rates of the host (Li et al., 2017). Ruminococcaceae are rich in cellulase genes (Amato et al., 2015), which enables goitered gazelles to digest high-fiber plants, such as Haloxylon ammodendron and Phragmites australis. A high Firmicutes/Bacteroides ratio was relevant to energy extraction from the diet (Ma et al., 2019). The higher relative abundance of Lachnospiraceae in the gut microbiota of goitered gazelles contributes to homeostatic balance, butyrate production, and pathogen elimination (McLellan et al., 2013). The genomes of a single species of Alistipes were enriched in carbohydrate, amino acid, and energy conversion pathways (Preidis et al., 2015). The gut microbiota of the goitered gazelles allows them to obtain energy through the improved utilization of food, whereas energy compensation strategies permit survival in harsh winter environments. The alpha-diversity is higher in undisturbed areas (Barelli et al., 2015). The alpha-diversity of the goitered gazelles was less than that of the sheep, which indicates that the quality or areas of habitats may be decreased in the goitered gazelles. We speculate that, although the survival conditions of the goitered gazelles were worse than those of the sheep, they can be replenished by the gut microbiota.

Digestive strategies are also closely related to the gut microbiota (Singh et al., 2011), with different digestive strategies permitting adaptations for foraging (Clauss et al., 2003). The common bacteria in herbivores are Firmicutes, Bacteriodetes, and Proteobacteria (Cersosimo et al., 2015; Chen et al., 2017; Guan et al., 2017). The higher resistance of wild animals may be associated with physiological adaptations and metabolites produced by the gut microbiota. Wild herbivores more efficiently process foods low in protein and high in fiber (Nelson et al., 2003). Presently, digestive strategies are known to impact both the gut microbiota and host adaptability, but their specific mechanisms require further elucidation in goitered gazelles.

The functions of the gut microbiota demonstrate how goitered gazelles improve their adaptability by enhancing the functions of “Metabolism” and “Cellular Processes” to account for a loss of food quality in winter compared to sheep. The sugar metabolism in goitered gazelles is significantly higher than that of sheep. Sugar metabolism provides energy for the host and is an important energy source (Chen, 2019) that benefits the survival of goitered gazelles. Drought-resistant plants, such as Reaumuria soongorica, are consumed by goitered gazelles and are rich in polysaccharides and polyphenols (Wang et al., 2011), which also improve the metabolism of gut microbiota.

The Qaidam Basin is the main habitat of wild goitered gazelles in China. Goitered gazelles are an important wild ungulate in the Qaidam Basin, the stability of which is vital to the biodiversity and ecosystem of the area. Understanding the living conditions of goitered gazelles and their adaptive strategies forms the foundation of their conservation. With developing economic and breeding technologies, livestock numbers are increasing, threatening the survival of wild animals, particularly in co-inhabited areas. In this study, food competition between wild goitered gazelles and domestic sheep was demonstrated and due to human interference, the food quality of the wild goitered gazelles was poorer than that of domestic sheep. The differences in the composition of gut microbiota reflected that wild goitered gazelles were disadvantaged by domestic sheep, but that the gut microbiota of gazelles benefited host adaption via compensatory strategies to enhance host adaptability, improving the utilization rates of food and metabolic levels. This indicated that the gut microbiota benefit host adaptability. However, the side effects of these compensatory mechanisms for the host require further assessment.



CONCLUSION

In this study, the composition and function of gut microbiota between wild goitered gazelles and domestic sheep in the Qaidam Basin were compared. We further assessed the adaptability strategies of goitered gazelles using non-invasive methods, which lays a foundation for the conservation of wild goitered gazelles and the management of domestic sheep. With the development of sequencing technologies, variations in the gut microbiota were identified, which highlighted the conflicts between wild and domestic animals in co-inhabited areas. We evaluated adaptability based solely on the gut microbiota, for which goitered gazelles in the Qaidam Basin have not been systematically studied. In future studies, host gene structure and diet should be analyzed in larger sample sizes.

Since goitered gazelles typically rest in shrub areas overnight and follow fixed movement routes during the day, the protection of their habitats should be prioritized. The land use mode of the Qaidam Basin should be planned and pastures with good food quality must be preserved, reducing grazing activities in co-inhabited areas to minimize disruption. Winter is the most severe period for the survival of goitered gazelles and food competition between wild goitered gazelles and domestic sheep heightens this problem. To maintain the survival of goitered gazelles, the animals should be fed green silage with a high protein content during the winter. We further suggest that variations in dietary habits and the gut microbiota in goitered gazelles and sheep should be assessed through feces collection. However, domestic sheep, a major economic source, should be allowed to graze. Suitable pastures for domestic animals should be identified to reduce conflicts with wild animals.
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Although the gut microbiome benefits the host in several ways, how anthropogenic forces impact the gut microbiome of mammals is not yet completely known. Recent studies have noted reduced gut microbiome diversity in captive mammals due to changes in diet and living environment. However, no studies have been carried out to understand how the gut microbiome of wild mammals responds to domestication. We analyzed the gut microbiome of wild and captive gaur and domestic mithun (domestic form of gaur) to understand whether the gut microbiome exhibits sequential changes from wild to captivity and after domestication. Both captive and domestic populations were characterized by reduced microbial diversity and abundance as compared to their wild counterparts. Notably, two beneficial bacterial families, Ruminococcaceae and Lachnospiraceae, which are known to play vital roles in herbivores’ digestion, exhibited lower abundance in captive and domestic populations. Consequently, the predicted bacterial functional pathways especially related to metabolism and immune system showed lower abundance in captive and domestic populations compared to wild population. Therefore, we suggest that domestication can impact the gut microbiome more severely than captivity, which might lead to adverse effects on host health and fitness. However, further investigations are required across a wide range of domesticates in order to understand the general trend of microbiome shifts in domestic animals.
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INTRODUCTION

The diverse and enormously complex gut microbiome benefits animals in several ways such as by instigating immune responses, synthesizing vitamins, and carrying out metabolic functions that the host cannot perform (Bäckhed et al., 2005; Cerf-Bensussan and Gaboriau-Routhiau, 2010; LeBlanc et al., 2013; Crespo-Piazuelo et al., 2018; Nagarajan et al., 2018). Host–gut microbiome relationships are influenced by host traits such as age, sex, genotype, and extrinsic factors like diet, lifestyle, and habitat heterogeneity (Dubois et al., 2017; Wasimuddin et al., 2017). Understanding how the gut microbiome responds to these factors is important because perturbations of gut microbial communities beyond their natural range may have serious impact on the host health (Cheng et al., 2015). Recent studies in human have noted that departing from ancestral lifestyle and adapting to urban life that involves modifications of lifestyle, diet, and living environment reduces the diversity and stability of gut microbiome (Schnorr et al., 2014; Conlon and Bird, 2015; Martínez et al., 2015; Obregon-Tito et al., 2015; Rampelli et al., 2015; Valle Gottlieb et al., 2017). As observed in the case of modern human, under captive conditions, most of the animal species including mammals, birds, and amphibians experience radical shifts in their diet and living environment, sharply reduced geographic range, controlled social interactions, and increased exposure to medical interventions that contrast from their way of living in the wild (Hird, 2017; McKenzie et al., 2017; Metcalf et al., 2017; Martínez-Mota et al., 2020). In addition to these factors, domestic animals undergo substantial biobehavioral changes due to the intensive domestication process. Owing to such changes, captive and domestic animals are more likely to differ from their wild counterparts in the gut microbial diversity and composition (Hird, 2017). Furthermore, considering even altered natural state of domesticated individuals in comparison to captives, increased disturbance of microbial communities is highly probable. However, there have been no studies conducted to understand whether the gut microbiome shows sequential changes from wild to captivity and after domestication.

Bos gaurus commonly known as gaur or Indian bison is one of the largest extant ungulates and endemic to South and Southeastern Asia. In India, they occur in small isolated groups confined to Western Ghats, central Indian highlands, and Northeastern Himalayas (Choudhury, 2002). Although majority of gaur populations inhabit in India, it is placed in the schedule II of Indian Wild Life (Protection) Act, 1972, and considered as vulnerable species by IUCN. The domestic form of gaur is considered as a distinct species, Bos frontalis, and commonly known as mithun (India) and gayal (China). It is believed to have evolved from wild gaur more than 8000 years ago (Simoons, 1984; Dorji et al., 2010; Qu et al., 2012; Wang et al., 2017). However, there are different views for the origin of domestic mithun, and the recent studies have strongly supported the widely accepted view that presumes gaur as the ancestral species of domestic mithun (Mukherjee et al., 2018; Prabhu et al., 2019). The geographic range of mithun is restricted to Northeastern hilly regions of India, Myanmar, Bhutan, Bangladesh, and the Yunan province of China (Mukherjee et al., 2018). Interspecies hybridization, slaughtering, and other anthropogenic factors have led to the decline of mithun population; as a result, it is listed under the category endangered by the IUCN.

Domestic animals, particularly livestocks, are essential food resources for the world’s rapidly growing human population. Importantly, animals like cattle, sheep, goat, buffalo, mithun, etc. are able to effectively transform their forages into high-value animal products. However, animal health has been shown to greatly influence their functions by having direct effect on the productive parameters such as mortality rate, prolificacy, body weight, and milk yield and indirect effect on public health as it increases the incidence of zoonotic diseases. Hence, it is essential to understand the gut microbiome of domestic animals as distortion of microbiome has been reported to increase the incidences of diseases in human and laboratory animals. Wild and captive gaur, and domestic mithun provide an excellent biological system to study the sequential change of gut microbiome from wild to captivity and after domestication. Therefore, in order to discern the impact of captivity and domestication on gut microbiome, we examined the gut microbiome of wild and captive gaur and domestic mithun populations by sequencing the V3–V4 region of the 16S rRNA gene. We were specifically interested to investigate the following: (i) whether the wild population share similar gut microbial diversity and composition with captive and domestic populations, (ii) whether microbial taxa show sequential increase/decrease in abundance, from wild to captive and after domestication, and (iii) if anticipated shifts in the gut microbiome also reflect at their predicted functional level.



MATERIALS AND METHODS


Sample Collection

Fecal samples of wild and captive gaur and domestic mithun were collected from different places of India. To avoid sibling effects, the samples were collected from divergent locations for each category. Fecal samples of wild gaur (n = 10) were collected from different places in the Western Ghats regions of Tamil Nadu and Kerala while the captive gaur samples (n = 10) were collected from different Zoos (Arignar Anna Zoological Park, Chennai, Tamil Nadu; Sri Chamarajendra Zoological Gardens, Mysore, Karnataka; Bannerghatta Biological Park, Bangaluru, Karnataka; Bondla Zoo, Goa; The Zoological Park, Thiruvananthapuram, Kerala). The fecal samples of domestic mithun (n = 10) were collected from Northeastern states of India (Nirjuli, Sagalee, and Yupia, Arunachal Pradesh, and Khuangleng, Mizoram). The fecal samples were collected in absolute ethanol within a few minutes after defecation using sterile forceps to avoid environmental contaminations and stored at −80°C until further analysis. The fecal samples were collected without having any contact with animals for which necessary permission were obtained from the respective state forest departments. Further, the fecal samples were collected with the help of respective forest officials/veterinarians in compliance with the research ethical standards of India. The study was conducted on the fecal samples and no animal was used for the purpose of this study.



DNA Extraction and Sequencing

Genomic DNA was isolated from the fecal samples using DNeasy PowerSoil kit (Qiagen) as per the manufacturer’s instructions. The V3–V4 region of the 16S rRNA gene was amplified using the primer Pro341F (5’-CCTACGGGNBGCASCAG-3’) and Pro805R (5’-GACTACNVGGGTATCTAATCC-3’) (Nadkarni et al., 2002). The following conditions were applied for the PCR: denaturation at 98°C for 30 s, followed by 35 cycles at 95°C for 10 s, 60°C for 15 s, and at 68°C for 30 s, and final extension at 68°C for 5 min. The resulting PCR products were purified using the PureLink PCR purification kit (Thermo Fisher Scientific). The purified PCR products were proceeded with library preparation using the NEBNext Ultra DNA Lib prep kit (New England BioLabs Inc.) according to manufacturer’s instructions. The libraries were sequenced on Illumina HiSeq 2500 platform generating 2 × 250 bp paired-end reads.



16S rRNA Gene Sequence Data Processing

Forward and reverse reads were demultiplexed and the sequences with corresponding barcodes were merged using the software FLASH (Magoč and Salzberg, 2011). Primer sequences were removed using the software CUTADAPT (Martin, 2011). Sequences that were too long or too short were removed from the dataset using the software PRINSEQ-lite (Schmieder and Edwards, 2011). Reads were processed further using the QIIME software package (Caporaso et al., 2010) for initial quality filtering and further analysis. Sequences with quality threshold below q = 30 or with homopolymers or more than six ambiguous bases were discarded. The potential chimeric sequences were identified and discarded using the software USEARCH (Edgar, 2010). The Open-reference Operational Taxonomic Units (OTUs) picking approach was used to identify OTUs with a 97% similarity threshold using UCLUST (Edgar, 2010). De novo OTUs (i.e., reads that did not hit the Greengenes database) were also picked. The taxonomic position of OTUs was assigned using the RDP classifier (Ribosomal Database Project). The singletons OTUs and those belonging to eukaryote, archaea, mitochondria, chloroplast, and unassigned OTUs were excluded from the dataset.



Alpha and Beta Diversity Analysis

Alpha diversity indices [number of observed species (OTUs), Chao1, and phylogenetic diversity] were calculated after rarefying the data to 58,700 sequences per sample. All further analyses were carried out in R1. ANOVA was performed to understand the effect of “population type (i.e., wild, captive and domestic)” on alpha diversity indices using the lme4 package (Bates et al., 2015) in R. We included population type and sampling site in the model as explanatory variables for each alpha diversity metric. The beta diversity was calculated using unweighted and weighted UniFrac metrics (Lozupone et al., 2011) methods after rarefying the data to 58,700 sequences per sample by using the phyloseq package (McMurdie and Holmes, 2013) in R. Permutational Multivariate Analysis of Variance (PERMANOVA) test was performed to find out the significance of the differences in the community composition with 999 permutations using vegan package in R. We included, as previously, population type and sampling site in the model as explanatory variables for both beta diversity metrics. Furthermore, principal coordinates analyses (PCoA) were performed based on UniFrac metrics to understand the pattern of separation between different populations. To deduce the effect of population type on inter-individual variability, Wilcoxon rank-sum tests were performed.



Identification of Major Gut Bacterial Phyla and OTUs

In order to understand the bacterial phyla that were specifically influenced by population type, we performed ANOVA on relative abundance of the predominant phyla including population type and sampling site in the models as explanatory variables as previously described. To identify the OTUs accountable for differences among populations, we employed a negative binomial model-based approach available in the edgeR package (Robinson et al., 2010) in R after removing OTUs that were present in less than three samples for each population. Exact tests (Exact binomial test generalized for over dispersed counts) were performed and only OTUs that remained significant (p < 0.01) after the Benjamini–Hochberg correction were reported.



Microbiome Functional Predictions

PICRUSt (Langille et al., 2013) was used to predict the functional differences of the gut microbiome. The metagenome prediction was performed using KEGG Orthology (KOs) classification after removing all de novo OTUs and normalization for copy number variation. To ensure the accuracy of the prediction, weighted Nearest Sequenced Taxon Index (NSTI) scores were estimated. The average NSTI values for wild gaur, captive gaur, and domestic mithun were adequately low (mean NSTI = 0.20 ± 0.02 s.d.) to enable accurate prediction of metagenomes. To investigate the effect of population type on the KEGG composition, we calculated “Euclidean” and “Jaccard” distances after rarefying the data using the package phyloseq (McMurdie and Holmes, 2013) in R. PERMANOVA was performed to check the significance of the differences in the KEGG composition using 999 permutations. Population type and sampling site were included in the model as explanatory variables to explain differences in the distance metrics. PCoA plots were drawn to demonstrate the differences between populations. We classified the KOs into major functional pathways by applying the KEGG classification at the hierarchy level 2. We carried out Exact tests implemented in the edgeR package (Robinson et al., 2010) in R to find out the pathways, which show differential abundance based on population type, and only pathways that remained significant (p ≤ 0.05) after Benjamini–Hochberg correction were reported.



RESULTS


Microbiome Composition and Diversity

The gut microbiome of wild and captive gaur and domestic mithun was characterized by sequencing the V3–V4 hypervariable region of 16S rRNA gene. In total, 4,520,177 high-quality reads with an average of 150,672 reads per sample were used for analysis after quality filtering. Microbiome of all the three populations was constituted mainly by the following 10 bacterial phyla, Actinobacteria, Bacteroidets, Chloroflexi, Cyanobacteria, Firmicutes, Lentisphaerae, Proteobacteria, TM7, Tenericutes, and Verrucomicrobia (Figure 1). Among these, Firmicutes (91.5%) was the predominant phyla followed by Proteobacteria (2.8%), Cyanobacteria (2.1%), TM7 (0.9%), and Actinobacteria (0.9%).


[image: image]

FIGURE 1. The gut microbiome composition of gaur and mithun at phylum level. Each bar represents the relative abundance of different phyla in individual samples. Each color represents one of the 10 most abundant phyla in all samples. All other bacteria are grouped as others.


The average observed species count, microbial richness (Chao1 index), and diversity (Shannon index) were found to be 3948, 8218, and 8.09, respectively. Further, ANOVA models explained that there is no significant variation (p > 0.05) in the alpha diversity estimates between wild, captive, and domestic populations (Figure 2). However, microbial community composition was significantly influenced by population type as revealed by PERMANOVA models using both unweighted (R2 = 0.111, p = 0.001) and weighted (R2 = 0.144, p = 0.013) UniFrac distances. Sampling site showed significant (R2 = 0.464, p = 0.023) effect on unweighted UniFrac distance but failed to show significant effect on weighted UniFrac distance (R2 = 0.479, p = 0.223). The PCoA explained 20.6 and 61.2% variation between populations for unweighted and weighted UniFrac distances, respectively (Figure 3). The inter-individual beta diversity varied significantly (p < 0.001) in all the three populations. Among the three populations, domestic population showed lowest beta diversity index, which indicates high level of similarity in the microbial composition of domestic population (Figure 4).
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FIGURE 2. Microbial alpha diversity of gaur and mithun. (A) Number of observed species (OTUs), (B) Chao1, (C) phylogenetic diversity.
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FIGURE 3. Effect of domestication on bacterial community composition. Principal coordinates analysis plots show (A) unweighted and (B) weighted UniFrac distances in wild, captive, and domestic populations (PERMANOVA: unweighted R2 = 0.111, p = 0.001; weighted R2 = 0.144, p = 0.013). Dots and surrounding dashed ellipses (95% confidence level) represent the gut bacterial communities of wild (green), captive (yellow), and domestic (red) populations.
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FIGURE 4. Effect of domestication on the inter-individual beta diversity of gaur. The box plots show the beta-diversity distances between individuals of wild (green), captive (yellow), and domestic (red) populations for both (A) unweighted (Kruskal–Wallis test: p < 0.001) and (B) weighted (Kruskal–Wallis test: p < 0.001) UniFrac tests.




Relative Abundance of Major Phyla and OTUs

The ANOVA tests showed remarkable differences between populations in the proportion of Cyanobacteria (p = 0.001) and TM7 (p = 0.03) phyla. The relative abundance of Cyanobacteria (Figure 5A) increased from wild to domestic population, whereas TM7 showed the opposite trend (Figure 5B). Similarly, several OTUs (108) showed substantial differences in the mean abundance between wild, captive, and domestic populations. Between the wild and captive populations, 91 OTUs showed differential abundance, of which 53 OTUs (58%) revealed decrease in abundance and 38 OTUs (42%) revealed increase in abundance in the captive population (Supplementary Table S1). The OTUs that were underrepresented mainly belonged to the families Ruminococcaceae, Lachnospiraceae, and Rhodobacteraceae, while the OTUs belonging to the genera Anaerostipes, Succinivibrio, and Akkermansia showed increase in abundance (Figure 6A). Similarly, 68 OTUs showed differential abundance between wild and domestic populations. Among the 68 OTUs, 56 (82%) showed decrease in abundance whereas only 12 (18%) showed increase in abundance in domestic population (Supplementary Table S2). The decreased abundance was noticed mainly for the OTUs related to the Ruminococaceae, Rhodobacteraceae, and Lachnospiraceae family (Figure 6B). Among the 108 differentially abundant OTUs, 44 OTUs sequentially declined in abundance from wild to captive and further in domestic population. Majority of these OTUs belonged to the families Ruminococaceae (n = 12), Rhodobacteraceae (n = 8), and Lachnospiraceae (n = 4).
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FIGURE 5. Effect of captivity and domestication on the relative abundance of major bacterial phyla. Box plots indicate the effect of domestication on the relative abundance of two major phyla. (A) Cyanobacteria (p = 0.001) and (B) TM7 (p = 0.03) in wild (green), captive (yellow), and domestic (red) populations.
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FIGURE 6. Differential abundance of OTUs between gaur and mithun. OTUs that differed in their mean abundance with respect to population type were filtered by negative binomial Exact test. (A) Wild and captive gaur, (B) wild gaur and domestic mithun. OTUs were arranged according to increasing values of log-fold change. The X axis shows the log2fold (logFC) decrease (green) and increase (red) of the OTUs based on the population type. The highest possible taxonomic rank is assigned for each OTU. *Indicates unclassified OTUs at genus level.




Predicted Functional Pathways

The PERMANOVA was performed to examine whether differences in the predicted KEGG Orthologs (KOs) could be explained by population type or sampling site. Both Jaccard and Euclidean distances, based on predicted KOs, showed significant differences between populations (Jaccard R2 = 0.157, p = 0.033; Euclidean R2 = 0.144, p = 0.027) but not on sampling sites (Jaccard R2 = 0.492, p = 0.223; Euclidean R2 = 0.464, p = 0.284). The PCoA explained 72.7 and 80.2% variance for Jaccard and Euclidean distances, respectively (Figure 7). KEGG analysis identified eight functional pathways that showed differential abundance between wild and captive populations (Exact test, p < 0.05). All the identified pathways (“transport and catabolism,” “digestive system,” “biosynthesis of other secondary metabolites,” “endocrine system,” “xenobiotics biodegradation metabolism,” and “immune system”) showed decrease in abundance in captive population except the pathway related to “genetic information processing” (Figure 8A), whereas 13 pathways exhibited differential abundance between wild and domestic populations (exact test, p < 0.05). Surprisingly, all the pathways corresponding to “cell growth and death,” “endocrine system,” “circulatory system,” “transcription,” “lipid metabolism,” “carbohydrate metabolism,” “xenobiotics biodegradation and metabolism,” “metabolism of terpenoids and polyketides,” and “immune system” showed decrease in abundance in domestic population (Figure 8B).
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FIGURE 7. Effect of captivity and domestication on the predicted KEEG orthologs (KOs) of gaur and domestic mithun. Principal coordinates analysis plots show (A) Jaccard and (B) Euclidean distances based on the predicted KOs in wild, captive, and domestic populations (PERMANOVA: Jaccard R2 = 0.157, p = 0.033, Euclidean R2 = 0.144, p = 0.027). Dots and dashed ellipses (95% confidence level) reflect the predicted KOs of wild (green), captive (yellow), and domestic (red) populations.
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FIGURE 8. Differential abundance of predicted major functional pathways in gaur and domestic mithun. Differences in the mean abundance of major functional pathways (identified by PICRUSt prediction by using KEGG classification) identified by Exact tests (p < 0.05) that differ between (A) wild and captive gaur and (B) wild gaur and domestic mithun. The X axis shows log2fold (logFC) decrease (green) and increase (red) in relative abundance. Functional pathways are arranged according to increasing values of logFC.




DISCUSSION

A good number of studies have previously examined the gut microbial diversity between wild and captive populations. In most of these studies, the microbial diversity significantly reduced in the captive animals compared to their wild counterparts, suggesting diet and environment as probable factors for such reduction. Domestication of a species could be considered as a successive step after initially keeping the animals in captivity, which might further influence the gut microbiome. However, so far, no study has accounted all three scenarios simultaneously, i.e., compared the gut microbiome variations between wild, captive, and domestic populations. This is the first study to characterize the composition and structure of gut microbiome of wild, captive, and domestic populations and to provide important implications for the conservation and management of wild and domestic species. The gut microbiome of gaur and mithun contained Firmicutes as the dominant phylum. The occurrence of phylum Firmicutes in higher abundance was in accordance with previous studies on other ruminants such as cattle, goat, sheep, wood bison, and alpaca (De Menezes et al., 2011; Weese et al., 2014; O’Donnell et al., 2017). Firmicutes is the widely reported phylum in the mammalian gut and is known to have a significant role in host metabolism and digestion (Ley et al., 2008). Members of Firmicutes are particularly capable of degrading a wide range of polysaccharides (Cockburn and Koropatkin, 2016); hence, the higher abundance of Firmicutes can be correlated with the food habits of gaur and mithun. Similarly, the presence of other bacterial phyla was also in accordance with previous studies (Weese et al., 2014; O’Donnell et al., 2017).

There was no significant difference in the alpha diversity measures between wild, captive, and domestic populations. Numerous, previous studies have also observed no difference in the alpha diversity between wild and captive populations of rhinoceros, musk deer, bovid, giraffes, aardvarks, and anteaters (Li et al., 2017; McKenzie et al., 2017; Gibson et al., 2019). In contrast, beta diversity significantly varied between populations, suggesting that distinct group of microbes inhabits the gut of wild, captive, and domestic populations. In particular, a gradual decline was observed in the microbial diversity from wild to domestic population. It indicates that the gut microbial diversity is sequentially lost in gaur during domestication, beginning with reduction of microbial diversity to some extent when the animal was moved from wild to captivity (the first step taken toward domesticating an animal) and then losing a much greater portion of the microbiome at the later stage of domestication process. However, the effect of location on gut microbiome was weak and limited to unweighted UniFrac distance only. Also, location did not show any effect on predicted microbial functions, suggesting that overall effect of location is weaker compared to that of population type. It is to be expected that beta diversity will be higher in wild population as they naturally feed on a vast variety of plant species including grasses, herbs, shrubs, and trees in large quantities to meet their daily energy requirements, and the samples were also collected from divergent locations. The relatively low beta diversity of captive population, although they were sampled from more diverse locations than wild population, suggested that not locations but captivity-induced factors such as similar diet, limited geographical space, and contact with conspecific and similar artificial environment in zoos probably constrain the gut microbiome, making it more similar between individuals (Clayton et al., 2016; Billiet et al., 2017; Rosenfeld, 2017; Hale et al., 2018). However, the low beta diversity of domestic population cannot be solely attributed to the above mentioned factors because generally mithun are allowed to roam freely in the forests, where they graze and browse upon a vast variety of plant species (Mondal et al., 2014). Also, the diet of domestic mithun and wild gaur is similar, which includes plants mainly from Poaceae and Fabaceae families (Nayak and Patra, 2015; Haleem and Ilyas, 2018; Jamir and Khare, 2018), which suggests that diet alone might not be the causative factor for the low beta diversity of domestic mithun.

The relative abundance of Cyanobacteria and TM7 remarkably differed between three populations. Cyanobacteria showed increasing trend in captive and domestic populations compared to wild population. Cyanobacteria are aerobic bacteria widely observed in aqueous and soil environments and are capable of fermenting a range of sugars in anoxic conditions (Nandi and Sengupta, 1998; Williams et al., 2004; Cruz-Martínez et al., 2009). As captive gaur and domestic mithun live in the vicinity of human settlements, starches probably might have become a regular part of their diet. The increase of Cyanobacteria therefore could be an indication that captive and domestic populations are acquiring gradual adaptation in response to the increasing starch content in their diet as reported previously in dog (Axelsson et al., 2013). In contrast, the relative abundance of TM7 phyla decreased in captive and domestic populations. The decreasing trend of TM7 phyla has also been observed in captive Javan slow loris individuals fed with normal diet compared to individuals fed with improved diet (Cabana et al., 2019). TM7 bacteria are found in diverse habitats like soil, freshwater, human oral cavity, gut of several animals, etc. (Marcy et al., 2007; Kuehbacher et al., 2008; Ferrari et al., 2014); however, the functional attributes of TM7 phylum remain largely unknown. Some members of TM7 have been suggested to presumably play a role in the degradation of polyphenols in the gut of woodrat (Kohl et al., 2011). Therefore, the reduction of TM7 may affect the digestion efficiency of captive and domestic populations as polyphenols; in particular, tannins at higher concentrations are reported to reduce the nutrient absorption in ruminants (Frutos et al., 2004).

At the lower taxonomic ranks, many OTUs significantly differed in relative abundance between wild, captive, and domestic populations, and most of these differences observed were characterized by decrease in the abundance of OTUs. The majority of bacterial OTUs that showed decreasing trend in captivity and after domestication belonged to the families Ruminococcaceae, Rhodobacteraceae, and Lachnospiraceae. The members of Ruminococcaceae and Lachnospiraceae families are known to have high number of glycoside hydrolase genes that enable them to break down the complex plant components such as cellulose, hemicellulose, and other polysaccharides (Biddle et al., 2013). In herbivorous animal, the bacterial breakdown of complex plant materials has been reported to account for more than 50% of their energy production (Flint et al., 2008). Hence, the reduction of commensal Ruminococcaceae and Lachnospiraceae might seriously affect the dietary energy requirements of captive and domestic populations. Other than impeding the efficiency of host digestion, these bacterial families are also associated with protection against enteric infections (Wlodarska et al., 2015). Rhodobacteraceae are reported to be involved in water purification, which removes harmful substances from water (Nupur et al., 2013) and known to be major producers of vitamin B12 in marine ecosystems (Sañudo-Wilhelmy et al., 2014). Some members of Rhodobacteraceae are able to produce tropodithietic acid, which inhibits the growth of pathogens (Beyersmann et al., 2017). However, their functional attributes in the rumen is not fully known.

Domestication is a process in which a subset of wild animals are selected artificially for their desired phenotype over a period of time for human needs. In the course of domestication, wild animals undergo prolonged period of stress and behavioral changes. Recent studies have shown that many factors associated with domestication can either directly or indirectly influence the gut microbiome in domestic animals (Yuan et al., 2015; Cunningham et al., 2018; Karl et al., 2018; Griffiths et al., 2019; Li et al., 2019). Our study showed significant differences in the gut microbiome between wild and domestic populations, and these differences cannot be solely attributed to the diet and environment as reported in previous studies, because the diet of domestic mithun and wild gaur is similar and the effect of location was not significant in our analyses. Therefore we suggest that the microbiome differences observed between wild and domestic populations can be attributed to the domestication associated factors such as artificial selection, inbreeding, phenotype, genotype, physiological changes, stress, etc. Among these factors, inbreeding is an unavoidable consequence in domestication due to the intense selection process in which only a few superior males are allowed to breed with females. Recent studies have shown the influence of inbreeding on gut microbiome composition in house mice and gopher tortoises (Kreisinger et al., 2014; Yuan et al., 2015). The phylum Firmicutes showed decreased abundance in inbred individuals in both the studies. Similarly, in our study, several OTUs particularly belonging to the phylum Firmicutes also decreased in abundance in domestic mithun as compared to wild population. Most of the Firmicutes OTUs were represented by the families Lachnospiraceae and Ruminococcaceae, which are known to be beneficial to the host in several ways particularly associated with host metabolism and defense mechanism (Biddle et al., 2013; Barelli et al., 2015). Therefore, we assume that, as a consequence, the pathways associated with digestive and immune systems were predicted to be low in domestic mithun. Reduction of such functionally relevant microbes that aid in host digestion and defense mechanism likely points at the adverse impact of artificial selection/inbreeding on the gut microbiome. However, carefully planned experimental laboratory animal crosses based on chosen phenotypic traits and keeping other variables in control can better reveal the role of artificial selection on the gut microbiome. Given the importance of gut microbiome in facilitating immune functions, it is possible that domestication might perturb the host immune response and cause pathogenesis, thereby having a direct effect on the production performances of domestic animals. Thus, further investigations are required in this area to dissect out the influence of each factor associated with domestication on gut microbiome.



CONCLUSION

Our results showed significant variations in the gut microbiome between wild, captive, and domestic populations. These variations, to a great extent, were characterized by low bacterial diversity and significant loss of several bacterial OTUs predominantly belonging to commensal bacteria. Although such variations are generally explained by radical shifts in the diet, our study shows that microbiome variations in the domestic population could also be attributed to domestication process. If domestication exerts such an impact on the gut microbiome of domestic mithun, even though they are allowed to roam freely in the forest to compensate their limited diet, it might have serious impact on gut microbiome of the animals that are raised under strict human constructed environments. Our findings therefore imply that domestication might affect the health and fitness of animals by altering the gut microbiome. However, it is necessary to study the gut microbiome variations associated with domestication across a wide range of domesticates in order to understand the general trend of microbiome shifts in domestic species. Studies of such kind may indeed have broader implications in the health management and conservation of wild and domestic animals.
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There are many examples of symbiotic and reciprocal relationships in ecological systems; animal gut microbiome–host interactions are one such kind of bidirectional and complex relationship. Here, we utilized several approaches (16S rRNA gene sequencing, metagenomics, and transcriptomics) to explore potential gut microbiome–host interactions accompanying the development of gastrointestinal complexity and a dietary shift from metamorphosis to maturity in ornamented pygmy frogs (Microhyla fissipes). We identified the possible coevolution between a particular gut microbial group (increased putative fat-digesting Erysipelotrichaceae and chitin-digesting Bacteroides and Ruminococcaceae) and the host dietary shift [from herbivore to insectivore (high proportion of dietary chitin and fat)] during metamorphosis. We also found that the remodeling and complexity of the gastrointestinal system during metamorphosis might have a profound effect on the gut microbial community (decreasing facultative anaerobic Proteobacteria and increasing anaerobic Firmicutes) and its putative oxygen-related phenotypes. Moreover, a high proportion of chitin-digesting bacteria and increased carbohydrate metabolism by gut microbiomes at the climax of metamorphosis would help the frog’s nutrition and energy needs during metamorphosis and development. Considering the increased expression of particular host genes (e.g., chitinase) in juvenile frogs, we speculate that host plays an important role in amphibian metamorphosis, and their symbiotic gut microbiome may help in this process by providing the nutrition and energy needs. We provide this basic information for the amphibian conservation and managements.

Keywords: amphibian metamorphosis, gastrointestinal remodeling, dietary shift, gut microbial composition and function, oxidative stress tolerance, chitinase expression


INTRODUCTION

In ecology, there are many examples of symbiotic and reciprocal relationships (e.g., algae and marine invertebrates, mycorrhiza, gut microbes and animal hosts, and prokaryotes and protists or animals) (Smith and Douglas, 1987). Animal gut microbiome–host interactions play important roles in host nutrition, fitness, and health (Ley et al., 2008; Kinross et al., 2011; Zhu et al., 2011; Nicholson et al., 2012; McFall-Ngai et al., 2013; Wlodarska et al., 2015; Gould et al., 2018; Wei, 2018). The gut microbiota is involved in the regulation of multiple host metabolic pathways, giving rise to interactive host–microbiota metabolic, signaling, and immune-inflammatory axes (Nicholson et al., 2012). Additionally, the host, in turn, shapes the gut microbiome (Yatsunenko et al., 2012; Gould et al., 2018). In humans, the gut microbiome displays changes in composition and function in response to dietary changes during human development and physiological variations (Yatsunenko et al., 2012). For example, the abundance of Bifidobacterium (involved in human milk oligosaccharide degradation) decreases significantly from infancy to adulthood, and adults harbor different gut microbial communities (Yatsunenko et al., 2012). The changes in the gut microbial community under host development are a complex process involving many factors (e.g., gastrointestinal development, dietary changes, host genotype, geography, and environment) (Ley et al., 2008; Yatsunenko et al., 2012).

Metamorphosis is an extreme example of host development and is a biological process by which an animal physically develops after birth or hatching, involving a conspicuous and relatively abrupt change in the animal’s body structure through cell growth and differentiation (Dodd and Dodd, 1976; Denver, 2008). Some insects, fishes, amphibians, mollusks, crustaceans, cnidarians, echinoderms, and tunicates undergo metamorphoses (Truman and Riddiford, 1999; Laudet, 2011; Holstein and Laudet, 2014), which are often accompanied by a change in nutrient source or behavior (Dodd and Dodd, 1976; Denver, 2008). Some studies have explored the changes in gut microbiomes during metamorphosis in insects and fishes [Heliconius erato butterflies (Hammer et al., 2014), Galleria mellonella moth (Johnston and Rolff, 2015), Spodoptera littoralis leafworm (Chen et al., 2016), and sea lamprey Petromyzon marinus (Tetlock et al., 2012)] and have shown the extent of the influence of host nutritional resources or dietary shifts on microbial communities.

Metamorphosis in amphibians is accompanied by changes in morphology, physiology, and behavior (Wilbur and Collins, 1973; Werner, 1986; Newman, 1992; Shi, 2000). There are several key stages in metamorphosis, such as premetamorphosis (tadpoles), metamorphic climax (post-tadpoles), and completion of metamorphosis (frogs). Through metamorphosis, the frog undergoes the development of the limbs, gains the ability to breathe air using lungs, and may shift to a terrestrial lifestyle. The complexity of the gastrointestinal tract also develops between these life stages: from a simple and long gastrointestinal tract to a complex and complete digestive system (stomach, foregut, midgut, and terminal hindgut) (Hourdry et al., 1996; Schreiber et al., 2005). At the same time, many frog species complete the dietary shift during metamorphosis: from a plant material-based diet in tadpoles to primarily being insectivorous in adulthood (Jenssen, 1967; Linzey, 1967; Hendricks, 1973; Hourdry et al., 1996; Kupferberg, 1997; Castaneda et al., 2006). Several studies have investigated gut microbiota changes during metamorphosis in frogs [leopard frog Lithobates pipiens (Kohl et al., 2013), Bufo gargarizans (Chai et al., 2018), Lithobates [Rana] sylvaticus (Warne et al., 2017; Warne et al., 2019), Lithobates clamitans (Warne et al., 2017), and Lithobates catesbeianus (Warne et al., 2017)]. Kohl et al. (2013) found a significant difference (decreased Proteobacteria and increased Firmicutes) in the gut microbial community between tadpoles and frogs (mature) and suggested that measurements at various time points throughout metamorphosis will provide better insight into detailed gut microbial dynamics (Kohl et al., 2013). Chai et al. (2018) found shifts in microbial composition (e.g., a reduction in Proteobacteria and Actinobacteria) among five developmental stages from aquatic larvae to terrestrial juveniles (frog), but not mature adults (Chai et al., 2018). In their study, there were no significant changes in the relative abundance of Firmicutes compared to the previous research (Kohl et al., 2013), which may be caused by the different stages and species examined (Chai et al., 2018). These interesting studies reconstruct the gut microbial community at the composition level and provide information on the potential mechanism of gut microbiome–frog interactions during metamorphosis. In order to understand the gut microbiome development, future studies will need to integrate gut microbial functions and even host factors (e.g., gene expression) together with gastrointestinal complexity and dietary shift.

The ornamented pygmy frog Microhyla fissipes is a model for investigating the regulation of metamorphosis because of their smaller body size and shorter metamorphosis duration than those of Xenopus; 45 developmental stages have been defined in M. fissipes (Zhao et al., 2016; Wang et al., 2017). Stages 1 to 28 (early embryonic development period) cover fertilization to operculum completion (lasting for 82.6 h at 22–26.5°C). Stages 29 to 45 [larval (tadpole) development period] cover operculum completion to complete absorption of the tail (lasting for 38 days). Stages 32 to 41 [metamorphosis stage A (MA) in this study] cover the period starting from the knee junction of the hindlimb appearing (Figure 1A). Stages 42 to 44 [metamorphosis stage B (MB) in this study] cover the climax of metamorphosis, including forelimb development and tail resorption (Figure 1A). Stage 45 [metamorphosis stage C (MC) in this study] is the completed metamorphosis stage with complete tail absorption, and the frog shifts to an insect-based diet and mainly lives on the land (Figure 1A). Thus, from tadpole to frog [juveniles and mature adults [metamorphosis stage D (MD) in this study)], the ornamented pygmy frog displays several types of shift or remodeling, such as a dietary shift (from herbivore to insectivore), a lifestyle shift (from aquatic to terrestrial life), and a shift in the complexity of the gastrointestinal tract (acidic stomach, foregut, midgut, and terminal hindgut) (Figure 1A). Transcriptomic analysis of M. fissipes at different metamorphic stages identified genes that are likely to be involved in the regulation of metamorphosis (Zhao et al., 2016). Interestingly, Gene Ontology (GO) enrichment analysis at stage 45 showed that the majority of enriched GO categories were associated with carbohydrate metabolism (Zhao et al., 2016). This finding is consistent with feeding behavior (feeding resuming at the end of metamorphosis and putative and dietary shift). Thus, changes in diet, gastrointestinal physiology, and even host gene expression during metamorphosis make the ornamented pygmy frog a model to study gut microbiome–host interactions.
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FIGURE 1. The gut microbiome changes from metamorphosis (herbivorous) to mature frogs (insectivorous). (A) The metamorphosis and remodeling of the digestive system among four groups (MA, stage 31–41; MB, stage 42–44; MC, stage 45; and MD, mature adults). (B) The domain phyla in the gut microbiome among groups using16S rRNA gene sequences. (C) The domain families in the gut microbiome among groups. The value in the y axis represents the mean relative abundance.


During metamorphosis in anurans, degeneration of the larval epithelium and the development of a new adult epithelium that is folded in the intestine occur (Hourdry et al., 1996; Ishizuyaoka, 2011). The folds in the intestine provide a vast surface area for absorption and aid in digestion (Fisher, 1955). The transport of fluid, nutrients, and electrolytes to and from the intestinal lumen is a primary function of epithelial cells. This process consumes large amounts of cellular energy and O2 (Ward et al., 2014). In vitro experiments also confirm that the germ-free mice luminal contents can chemically consume oxygen, such as via lipid oxidation reactions (Friedman et al., 2018). Thus, the development of gastrointestinal complexity (including the function of the acidic stomach and folding of the epithelium) may increase the consumption of O2 because of food fermentation by the symbiotic gut microbiota and the host themselves. Both the oxidative chemical reactions and the gut microbiome regulate luminal oxygen levels, shaping gut microbial composition throughout different regions of the intestine (He et al., 1999; Friedman et al., 2018).

Moreover, during metamorphosis, the endocrine cells of the digestive tract are also redistributed. Such changes [including the appearance of chitinases (EC: 3.2.14)] may be associated with modifications in feeding behavior (from herbivore to insectivore) (Hourdry et al., 1996). For example, chitin is a polymer of N-acetyl glucosamine and is a primary component of exoskeletons of arthropods (e.g., crustaceans and insects) (Kramer and Muthukrishnan, 1997; Doucet and Retnakaran, 2012). Chitin can be degraded by chitinases to generate GlcNAc (N-acetyl-D-glucosamine) and chito-oligosaccharides (Kramer and Muthukrishnan, 1997; Doucet and Retnakaran, 2012). Thus, here, we applied several approaches (16S rRNA gene sequencing, metagenomics, and transcriptomics of the host) to explore the potential gut microbiome dynamics in response to the gastrointestinal complexity and dietary shift from metamorphosis to mature adults including the following: (1) the putative dissimilarity in the gut microbial community throughout frog development; (2) the decrease in oxidative stress tolerance of gut microbiomes throughout metamorphosis; and (3) the potential adaptation to the insectivore diet (e.g., high proportion of chitin) in this symbiotic and reciprocal relationship.



RESULTS


The Gastrointestinal Complexity and Dietary Changes From Metamorphosis to Mature Adults

The digestive tract of tadpoles in group A (MA, S32-41) consists of the esophagus, stomach, and small and large intestines; the small intestine is long and is the most significant part of the gastrointestinal tract (Figure 1A). The ratio of the intestinal length to body length was lowest among the four stages. The stomach was only beginning to differentiate and could not be distinguished (Figure 1A). The chamber was full of digestive contents or juices mixed with algae. The primary diet was Spirulina and Chlorella. In group B (MB, S42-44), the intestine had undergone extensive changes. The length of the digestive tract was shorter (Figure 1A), whereas the upper and middle digestive tract expanded gradually (Figure 1A). The stomachs showed bulges compared to stomachs in group A. The inner wall of the intestinal tract was smooth, and there were few folds, whereas some surface absorption cells and goblet cells could be seen (Figure 2B). The primary diet was Spirulina and Chlorella, but organisms at this stage reduce eating.
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FIGURE 2. Morphological and histological observations of tadpole and frog intestines. (A) Cross sections of the intestine at four morphological stages. Intestinal fragments were cut approximately 8 cm from the stomach, which is the anterior of the small intestine. A significant difference was observed among the four groups (df = 3, F = 16.609, p < 0.001). Histological observations of MB (B), MC (C), and MD (D). The black arrow shows the adipose tissue. There was no histological result from the MA stage because of a failed dissection in MA.


In group C (MC, S45), metamorphosis had ended, tail degeneration was complete, and the tadpoles had become froglets (Figure 1A). The length of the entire gastrointestinal tract of the frogs was much shorter than that of tadpoles (Figure 1A). However, the ratio of the intestinal length to body length was highest among the four stages (Figure 2A). The upper gastrointestinal tract of the digestive tract was greatly expanded and appeared to be a saccade chamber, in which there was a visible protrusion. Histological observation showed that the epithelium had developed into the multiple-folded adult structure to increase the area of nutrient absorption (Figure 2C). In addition, the connective tissue and outer muscle were abundant and thickened. The amphibians shift from aquatic to terrestrial life. They also shift from a herbivore to an insectivore diet (e.g., termite and flea). In group D (MD, mature individuals), the gastrointestinal tract had finished intricate patterning, where the stomach, foregut, midgut, and terminal hindgut were discernible (Figure 1A). The intestinal wall epithelium was thicker than in previous stages and had more folds, and short rod-like villi were clearly visible. The lamina propria was also dense. There were a large number of goblet cells on the surface (Figure 2D). The major diet at this stage was mealworms and Drosophila.



Changes in the Gut Microbial Community Similarity From Metamorphosis to Mature Adulthood

In this study, we gained the 18 pooled samples, and each pooled sample came from 10 individuals (Table 1). The Illumina HiSeq platform was used to generate the bacteria 16S rRNA sequences for these pooled samples. In order to avoid the bias in the sequencing depth, we rarefied our sequencing depth at ∼53,809 sequences per pooled sample based on the smallest sequencing depth in these pooled samples. The predominant phyla in the gut microbiota of the ornamented pygmy frogs in this study included Firmicutes, Proteobacteria, Verrucomicrobia, Bacteroidetes, Actinobacteria, and Cyanobacteria (Figure 1B). From metamorphosis to mature adults, the relative abundance of Firmicutes increased (MA: 22%, MB: 34%, MC: 65%, and MD: 50%), and the relative abundance of Proteobacteria (MA: 55%, MB: 30%, MC: 17%, and MD: 17%) and Bacteroidetes (MA: 10%, MB: 6%, MC: 4%, and MD: 3%) decreased. The relative abundance of Verrucomicrobia showed high variation among groups (MA: 2%, MB: 13%, MC: 1%, and MD: 20%). Linear discriminant analysis Effect Size (LEfSe) identified the gut microbial phyla with significantly differentiating abundance among groups (from metamorphosis to mature adults) including dominant Firmicutes (highest in MC), Proteobacteria (highest in MA), Chloroflexi (highest in MB), Cyanobacteria (highest in MB), Planctomycetes (highest in MB), and Fusobacteria (highest in MB) (Supplementary Figure S1).


TABLE 1. The top 10 microbial (genus level) contributions based on dissimilarity by SIMPER test.

[image: Table 1]At the dominant family level (Figure 1C), the relative abundance of Ruminococcaceae (MA: 7%, MB: 8%, MC: 15%, and MD: 20%) and Erysipelotrichaceae (MA: 2%, MB: 2%, MC: 15%, and MD: 14%) increased from metamorphosis to mature adults. The relative abundance of Coxiellaceae (MA: 21 MB: 4, MC: 1%, and MD: 0.3) and Legionellaceae (MA: 16%, MB: 3%, MC: 1%, and MD: 0.3%) belonging to Proteobacteria decreased from metamorphosis to mature adults. The relative abundance of Lachnospiraceae (MA: 8%, MB: 17%, MC: 26%, and MD: 5%) and Verrucomicrobiaceae (MA: 1%, MB: 10%, MC: 0.4%, and MD: 20%) was highly variable from metamorphosis to mature adults. LEfSe identified the gut microbial family with significantly differentiating abundance among groups (from metamorphosis to mature adults), which were Lachnospiraceae (highest in MC), Erysipelotrichaceae (highest in MC), Coxiellaceae (highest in MA), and Legionellaceae (highest in MA) (Supplementary Figure S1). Additionally, the MA group harbored the significantly highest abundance of many families in the Proteobacteria among these four different development stages (from metamorphosis to mature adults) (Supplementary Figure S1). Moreover, co-occurrence analysis at the gut microbial family level detected 20 significant mutual-exclusion relationships, 14 of which occurred between Erysipelotrichaceae (Firmicutes) and the families from Proteobacteria (Figure 3). In addition, the phylogenetic diversity significantly decreased from metamorphosis to mature adults [one-way analysis of variance (ANOVA), F = 9.3, p = 0.001], and MD had the significantly lowest phylogenetic diversity (post hoc, least significant difference test at a significance level of 0.05) (Figure 4A).
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FIGURE 3. The co-occurrence analysis of the gut microbiome (family level) in all samples (with Spearman index ρ = 0.7). The dot represented the bacteria family. The red line between the dots represents the mutual exclusion relationship. The gray line between the dots represents the copresence relationship. The color of the dots represented the bacterial phylum. The red line represents the mutual exclusion; the green line represents the copresence.
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FIGURE 4. The diversity changes in the gut microbiome among groups using 16S rRNA gene sequences. (A) Phylogenetic diversity. (B) Bray-Curtis dissimilarities in the microbial composition (species abundance) among groups using NMDS (non-metric multidimensional scaling). The closure for each group was generated by Convex Hull (Barber et al., 1996). (C) The pairwise comparison was tested based on Bray-Curtis dissimilarities. The Unifrac unweighted distance among groups and within groups. Among groups: MA-MB, MA-MC, MA-MD, MB-MC, MB-MD, and MC-MD; within groups: MA-MA, MB-MB, MC-MC, and MD-MD. Because of the sample (pooled) variation in the gut microbiome composition, the distance within groups was over zero.


Non-metric multidimensional scaling (NMDS) analysis showed gut microbial dissimilarity among groups (one-way permutational multivariate ANOVA: F = 4.2, p = 0.0001), and the gut microbiome of each group belonged to one different cluster. All of the pairwise comparisons among groups using Unifrac unweighted distance were significantly different (Figure 4B), and the pairwise distance showed that the gut microbial dissimilarity increased over the development stages to some extent (Figure 4C). For example, the Unifrac unweighted distance between MA and the other three groups or between MB and the other two groups (MC, MD) increased. The pairwise SIMPER test was used to further investigate the contribution of each gut microbial genus to the observed dissimilarity (Table 1). The greatest contribution to the dissimilarity between MA and each other group was caused by the highest abundance of the genera Rickettsiella (Proteobacteria_ Coxiellaceae) and Legionella (Proteobacteria_ Legionellaceae) in the MA groups. The greatest contribution to the dissimilarity between MB and each other group was caused by the high relative abundance of the genera Akkermansia (Verrucomicrobia_ Verrucomicrobiaceae) and Tyzzerella 3 (Firmicutes_ Lachnospiraceae) in the MB groups. The greatest contribution to the dissimilarity between MC and each other group was caused by the highest abundance of the genera [Anaerorhabdus] furcosa group (Firmicutes_Erysipelotrichaceae) and [Eubacterium] fissicatena group (Firmicutes_ Lachnospiraceae) in the MC groups. The greatest contribution to the dissimilarity between MD and each other group was caused by the high abundance of genera Akkermansia (Verrucomicrobia_ Verrucomicrobiaceae) and Ruminococcaceae_uncultured (Firmicutes_ Ruminococcaceae) in the MD groups.



Changes in the Putative Oxygen-Related Phenotypes of Gut Microbiome From Metamorphosis to Mature Adults

The gut microbiome of MC had the lowest abundance of the aerobic bacteria (Figure 5A), which may be due to the low abundance of Proteobacteria and Verrucomicrobia (Figure 5E). The relative abundance of anaerobic bacteria increased from metamorphosis to mature adults; the lowest significant abundance was observed in MA, and the highest significant abundance was observed in MC (Figure 5B; pairwise Mann-Whitney-Wilcoxon test, p < 0.05). The changes in the abundance of Firmicutes mostly contributed to these variations (Figure 5F). The changes in the relative abundance of facultatively anaerobic and oxidative stress–tolerant bacteria decreased from metamorphosis to mature adults, and MA had the highest significant abundance (Figures 5C,D; pairwise Mann-Whitney-Wilcoxon test, p < 0.05). The changes in the abundance of Proteobacteria mostly contributed to these variations (Figures 5G,H).
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FIGURE 5. Bugbase (Ward et al., 2017) predicted the proportion of the bacteria involved in the oxygen-related phenotypes within the gut microbiome from metamorphosis (herbivorous) to maturity (insectivorous) in frogs. (A) The proportion of aerobic bacteria within microbiome of each sample. (B) The proportion of anaerobic bacteria within microbiome of each sample. (C) The proportion of facultatively anaerobic bacteria within microbiome of each sample. (D) The proportion of oxidative stress tolerance bacteria within microbiome of each sample. (E) The corresponding OTU contribution plots of the relative abundance of phyla related to aerobic phenotype. (F) The corresponding OTU contribution plots of the relative abundance of phyla related to anaerobic phenotype. (G) The corresponding OTU contribution plots of the relative abundance of phyla related to facultatively anaerobic phenotype. (H) The corresponding OTU contribution plots of the relative abundance of phyla related to oxidative stress tolerance phenotype.




The Putative Function of the Frog Gut Microbiome From Metamorphosis to Mature Adults Using Metagenomics

We obtained 10 metagenomes (four from MB and six from MD) in 10 pooled gut content samples from 100 individuals. The major contaminants, especially in MD metagenomes, came from the host and the diet: Chordata (49.46%) and Arthropoda (25.43%) (Supplementary Tables S2, S3). Thus, after removing the contamination using three steps, the clean data set of prokaryote sequences for six metagenomes was very small (Supplementary Table S4) and would introduce bias compared with the four MB metagenomes (with the low contamination rate and the high proportion of clean data, mostly from prokaryotes). First, to reduce the bias caused by uneven data sets, we took one conservative strategy to investigate the unique genes detected in only most of the six MD genomes, none of which were identified in any MB metagenomes. Second, considering the dietary shift from herbivore to insectivore, we investigated the bacterial chitinases (EC: 3.2.1.14) degrading the chitin and their putative bacterial taxonomical assignment among these 10 clean metagenomes. The mean abundance of the gene coding for putative chitinase was 0.010 and 0.025% in MB and MD, respectively. Taxon assignment of these genes identified their putative bacterial origins, including genera Bacteroidetes (BAC), Cyanobacteria (CYA), Firmicutes (FIR), Proteobacteria (PRO) (Figure 6A). The 16S data revealed that most of these genera were rare in these four groups; only Bacteroides (1.57% in MD) and Ruminiclostridium (1.19%) had a relatively higher abundance in MD than in the other groups (Figure 6B).
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FIGURE 6. The metagenomics analysis of the MB and MD groups. (A) The taxon assignment (genus level) of genes coding for putative chitinases (EC 3.2.1.14). (B) The relative abundance of possible chitin-digesting bacteria using 16S rRNA gene sequences among groups. (C) The unique genes coding for the putative trehalose-specific IIB component [EC:2.7.1.201] in the MD group using metagenomics (comparing only the metagenomes between MB and MD) and the relative abundance of their origin (bacterial genus) using 16S data (D). (E) The unique genes coding for putative N,N′-diacetylchitobiose phosphorylase [EC:2.4.1.280] in the MD group using metagenomics (comparing only the metagenomes between MB and MD) and the relative abundance of their origin (bacterial genus) using 16S rRNA gene sequences (F).


Moreover, we also investigated whether the unique genes might code some putative enzymes involved in the degradation of chitin in MD metagenome after their dietary shift (from herbivore to insectivore) compared with the MB metagenome. Trehalose is the non-reducing disaccharide of glucose and is the principal sugar circulating in the blood or hemolymph of most insects (Thompson, 2003). According to the comparison in the metagenomes between MB and MD, three unique genes coding for putative trehalose-specific IIB component [EC: 2.7.1.201], N,N′-diacetylchitobiose phosphorylase [EC: 2.4.1.280], and histone-lysine N-methyltransferase SETMAR [EC: 2.1.1.43] were identified in the MD metagenomes (Figures 6C,E). The first two genes were successfully assigned to gained taxa. The genes coding for the putative trehalose-specific IIB component involved in transporting extracellular trehalose into the cell came from Enterococcus devriesei (Firmicutes_ Enterococcaceae). The 16S data revealed that the MD adult group had the highest mean abundance of E. devriesei among these groups (Figure 6D). The genes coding for the putative N,N′-diacetylchitobiose phosphorylase involved in chitin catabolism [catalyzing chitobiose to N-acetylglucosamine (GlcNAc)] came from Ruminococcaceae and Ruthenibacterium lactatiformans (Firmicutes_ Ruminococcaceae). The 16S data revealed that the relative abundance of Ruminococcaceae sharply increased from MC to MD, and MD samples had the highest mean abundance among these groups (Figure 6F). Thus, the metagenomes in the MD might have some features in response to the insectivorous diet.



Gene Expression of Genes Coding for the Enzymes Involved in Chitin Metabolism During Metamorphosis Using Host Transcriptomics

One of the profound changes during metamorphosis is the dietary shift from herbivore to insectivore (herbivore: MA and MB, insectivore: MC and MD). The gene expression coding for the putative chitinase and chitin-binding peritrophin-A domain increased during metamorphosis, and the expression of this gene was most significant in the MC stage among the three stages [S30 (premetamorphosis), MB, and MC] (Figures 7A,B). However, the expression of genes coding for putative chitin synthase was rare, and there was no significant difference in expression level among these three stages. Thus, during the dietary shift, the juvenile frog in the MC stage eating insects had higher chitin-digesting gene expression level than tadpoles eating herbivorous food.
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FIGURE 7. The expression level of the chitin metabolism gene using host transcriptomes among three stages [premetamorphosis (stage 30), metamorphic climax (stage 42, MB), and completion of metamorphosis (stage 45, MC)] (Zhao et al., 2016). (A) chitinase. (B) Chitin-binding peritrophin-A. (C) Chitin synthase.




DISCUSSION

Significant changes in the gut microbiome and its related phenotypes were detected from metamorphosis to mature adult stages, which may reflect the putative relationship between the host and its symbiotic gut microbiome during the shift in diet and lifestyle and the remodeling of the gastrointestinal system.

The significant changes observed in the gut microbiome after a dietary shift were the increase in Firmicutes and the ratio of Firmicutes to Bacteroides in juvenile (MC) and mature frogs (MD) compared to tadpoles (MA and MB stages). The high proportion of Firmicutes and high ratio of Firmicutes to Bacteroides are the typical characteristics of the gut microbiomes of obese humans (Ley et al., 2005; Ley et al., 2006; Turnbaugh et al., 2006) and are associated with increased body weight (Verdam et al., 2013; Koliada et al., 2017). For example, the obese pmicrobiome has an increased capacity to harvest energy from the diet in humans and rats (Turnbaugh et al., 2006). Moreover, many studies have found that a high-fat diet leads to an increase in Erysipelotrichaceae in the gut (Turnbaugh et al., 2008; Turnbaugh et al., 2009; Daniel et al., 2014; Lecomte et al., 2015). There is a putative connection between Erysipelotrichaceae and host lipid metabolism, and a specific metabolic phenotype of the host (e.g., cholesterol excretion) may influence the gut microbiota (Martínez et al., 2012; Kaakoush, 2015). Thus, herein, the significant increase of Erysipelotrichaceae may be caused by the shift from to the herbivorous diet (detritivore) to the insectivorous diet; these bacteria were maintained throughout the frog metamorphosis stages (from juveniles to mature frogs) in this study.

The insect diet has a high proportion of chitin (Tang et al., 2015). Chitin, a long-chain polymer of N-acetylglucosamine, is a derivative of glucose. It is a primary component of cell walls in fungi; the exoskeletons of arthropods, such as crustaceans (e.g., crabs, lobsters, and shrimps) and insects; the radulae of mollusks; cephalopod beaks; and the scales of fish and lissamphibians (Tang et al., 2015). Here, we found that some bacteria (e.g., Bacteroides and Ruminococcaceae) with genes coding for putative chitin-digesting enzymes (e.g., chitinase and N,N′-diacetylchitobiose phosphorylase) increased during the dietary shift, and the mature frog had the highest abundance of these bacteria. At the host level, the juvenile frog (MC) was significantly enriched in genes coding for the putative chitinase and chitin-binding peritrophin-A domain compared to tadpoles. The juvenile and adult frogs are predators (e.g., insect eaters), and this new feeding behavior is also associated with the appearance of new enzymes (e.g., chitinase, trypsin, and pepsin) to digest meat or chitin (Hourdry et al., 1996). Gut chitinase expression is detected in the juvenile frogs (Xenopus laevis and Rana catesbeiana) when the frogs change from a herbivorous to an insect-enriched diet, which suggests that the expression of gut chitinase may be regulated to meet the demand for the enzyme to digest chitin-coated foods (Suzuki et al., 2002). Thus, given the increase of putative chitin-digesting bacteria and the associated gene expression during metamorphosis in this study, we suggest that both the host and the gut microbiome may play an important role in insectivorous dietary adaptation in frogs.

During metamorphosis, we found significant changes in the oxygen-related phenotypes of the gut microbiomes starting during MB, and MC had the lowest abundance of oxidative stress–tolerant bacteria and highest abundance of anaerobic bacteria, which are mostly due to the significant decrease in Proteobacteria and increase in anaerobic Firmicutes. Tadpoles have an aquatic lifestyle and have filter-feeding behavior. Proteobacteria are the main phylum in water. Among the most frequent bacterial groups in drinking water are members of the phylum Proteobacteria (Hoefel et al., 2005; Vaz-Moreira et al., 2017). Water has dissolved oxygen. The filter-feeding and single digestion system in tadpoles would increase the colonization of facultatively anaerobic bacteria, such as Proteobacteria. For example, Legionella, belonging to Proteobacteria, is common in many environments, including aquatic systems (Muraca et al., 1990; Yu-Sen Lin et al., 1998). Rickettsiella, belonging to Proteobacteria, is also found in water and many aquatic invertebrates (e.g., crustaceans) (Friedman et al., 1997; Küchler et al., 2009). In this study, both Legionella and Rickettsiella were significantly highest in abundance in MA than MB, MC, or MD, where they were rare. In the MB stage (aquatic lifestyle), the diet is the same as the MA stage. However, the climax of metamorphosis, including the increased complexity of the digestive system, requires energy for development. At this stage, the tadpoles do not eat or eat less, and most of the energy for the metamorphosis or development comes from the degeneration of tissues and obtained by oxidation of accumulated reserves (e.g., fat and carbohydrate oxidation) (Hourdry et al., 1996; Warne et al., 2017); these metabolic reactions will consume oxygen in the body. Thus, the increased complexity of the digestive system may lead to a decrease in these facultatively anaerobic bacteria and an increase in anaerobic bacteria (e.g., Firmicutes).

Moreover, MC (terrestrial lifestyle) is the completion of metamorphosis, including the complete digestive system. In this step, most metabolic reactions by the host [e.g., degeneration of tails, fat, and carbohydrate (e.g., glycogen) oxidation] and fermentation by gut microbes continue to consume oxygen. Interestingly, GO enrichment analysis at the MC stage (stage 45) showed that the majority of enriched GO categories were associated with carbohydrate metabolism (e.g., glycolysis, gluconeogenesis, hexose biosynthetic process, monosaccharide biosynthetic process, glucose catabolic process, hexose catabolic process, monosaccharide catabolic process, glucose metabolic process, single-organism carbohydrate catabolic process, carbohydrate catabolic process, and carbohydrate biosynthetic process) (Zhao et al., 2016). Gut microbial function in the MC stage had the highest abundance in bacteria associated with carbohydrate metabolism among these four stages (Supplementary Figure S2). In addition, the new enzymes of the host related to food digestion and complexity of the digestive system (acidic stomach and folded epithelium of intestine) further increase food fermentation and oxygen consumption in the gastrointestinal system. Thus, all these factors may contribute to form the anaerobic habitat for the juvenile frog’s digestive system in the MC stage and increase the colonization of anaerobic gut microbes and the selection of particular gut microbial groups together with the dietary shift. Considering the effect on the gut microbiome composition by luminal oxygen levels (He et al., 1999; Friedman et al., 2018), there is another possible example of the relationship between the host and the gut microbiome: the high carbohydrate metabolism level of gut microbiomes in the MC stage may provide energy for host tissue rebuilding in addition to the energy provided by the host.

Additionally, in the MD (adult) stages, we found that the proportion of anaerobic bacteria decreased compared to the MC stage. A carnivorous animal has a relatively simple and short digestive system (Hume, 2002). The adult frog has a large food intake (from large insects) compared to the juvenile frog in the MC stages. Thus, the MD stage will increase the change of colonization by aerobic environmental bacteria, such as Verrucomicrobia, acquired from their new living conditions and even from their new diet. Verrucomicrobia is one of the dominant bacteria in the environment. The decrease in alpha diversity of the gut microbiome from metamorphosis (herbivorous) to juvenile and mature frogs (insect-enriched) has also been detected between herbivorous and carnivorous vertebrates (Ley et al., 2008).



CONCLUSION

Here, we identified some putative relationships between the frog and its gut microbiome. (1) We revealed the gut microbiome developmental association that was influenced by host dietary sources. (2) The remodeling of the gastrointestinal system during metamorphosis might also have a profound effect on the gut microbial composition. (3) The potential functions of the gut microbiome could help the frog’s nutritional and energy needs during metamorphosis and development. Therefore, these findings provide the basic information for amphibian management and conservation.



MATERIALS AND METHODS


Sample Collection and Gut Content Preparation

A total of 80 individual tadpoles and 160 individual frogs (Supplementary Table S1) were collected from the habitat around the Wild Research Center of the Chengdu Institute of Biology (E: 104°9′12, N: 31°6′35) located in Shifang County in Sichuan Province from June to August 2017. Based on our previous experience on the feeding and development of M. fissipes in the captive environment and direct observation in the wild field [e.g., Zhao et al., (2016)], we could identify these tadpoles from M. fissipes and estimate the primary diet of M. fissipes. The tadpoles were collected gently with fishing nets, and the young and adult individuals were captured after metamorphosis at night with sterile gloves (usually 21:00 to 24:00 is the active period). To ensure the integrity of the contents in the digestive tract, the frogs were immediately euthanized with MS-222. Tadpoles were treated at a concentration of 0.3 to 0.6 g/L MS-222 for 2 to 3 min, and frogs were treated for 5 to 8 min or more. After washing the surface of the animals repeatedly with sterile distilled water to avoid residual solution, we removed the holonomic gastrointestinal tract from the abdominal cavity and scraped the inner wall of the intestines with sterile blades or squeezed the intestines directly by hand. All of the gut contents or digestive juices were placed into 2-mL centrifugal tubes and then stored at −80°C until DNA extraction. Because of the lack of enough gastrointestinal content in a single tadpole, subadult or even adult individuals, we refer to the mixed treatments as the northern leopard tadpoles and frogs (Kohl et al., 2013). In our study, four typical stages of growth and developmental process (Shimizu-Nishikawa et al., 2003; Wang et al., 2017) were selected: before forelimb and after hindlimb growth (S32–41), marked as group MA; during the peak of metamorphosis and when the forelimb began to grow (S42–44), labeled as group MB; frogs that had recently completed metamorphosis (S45), labeled as group MC; and sexually mature individuals, marked as group MD. In total, we obtained 18 qualified samples of intestinal contents or digestive juices, including four tubes in group MA, four tubes in group MB, five tubes in group MC, and five tubes in group MD. Ten tadpole individuals were pooled for each tube (Table 1).



Morphological and Histological Observations of Tadpole and Frog Intestines

We measured the mean ratio of the intestinal length to body length among four groups (MA, 3; MB, 3; MC, 3; and MD, 5 individuals). A stereo microscope (Nanjing Jiangnan Yongxin JSZ8 Stereo Microscope, Nanjing, China) with an MShot Digital Imaging System (microscope camera Mc50-N, Guangzhou, China) was used to observe, take photos of tadpoles, and measure their body length and intestinal length. Then, the small intestines were dissected and 4% paraformaldehyde fixed. After dehydration in a graded series of ethanol and transparency by xylene, intestines were embedded in paraffin and sectioned in serial transverse sections (4 μm thick) using an RM2016 [Leica RM2016 Manual Rotary Microtome (Wetzlar, Germany); Leica Microsystems]. Dewaxed serial sections were stained with Delafield’s hematoxylin and counterstained with eosin to show general histological characteristics.



DNA Extraction and Bacterial 16S rRNA Sequencing

Gastrointestinal samples were thawed on ice, and microbial genomic DNA was extracted using a QIAamp Fast DNA Stool Mini Kit (QIAGEN, Hilden, Germany) according to the manufacturer’s protocol. The integrity of the DNA was visually assessed using 1.0% agarose gel electrophoresis and quantified using a Qubit and NanoDrop. The highly variable V4 region of the 16S rRNA gene was amplified from community genomic DNA using the bacteria-specific universal primers 515F (GTGCCAGCMGCCGCGGTAA) and 806R (GGACTACHVGGGTWTCTAAT). Polymerase chain reaction was performed in triplicate using a 25 μL reaction containing ∼40 ng of DNA template, 2.5 μL of 10 × TransStart Taq buffer, 1 μL of each forward and reverse primer, 2 μL of dNTPs (2.5 mM), 0.25 μL of TransStart Taq DNA Polymerase, and 16.25 μL of ddH2O. The polymerase chain reaction amplification conditions were as follows: initial denaturation at 94°C for 5 min, followed by 35 cycles of denaturation at 94°C for 30 s, annealing at 53°C for 30 s, elongation at 72°C for 30 s, and a final extension at 72°C for 10 min. Polymerase chain reaction products were purified with a Universal DNA Purification Kit (TIANGEN, Beijing, China), and barcoded V4 amplicons were sequenced using the Illumina HiSeq platform (HiSeq2500 PE250).



Data Analysis

Raw sequences were generated from the Illumina HiSeq sequencing platform. We performed quality control (e.g., demultiplexing and denoising) and taxon classification (based on Silva 132 version) in QIIME1.9 (Caporaso et al., 2010). We obtained the operational taxonomic unit (OTU) abundance tables and diversity results for downstream analysis. We chose to rarefy our sequencing depth at ∼53,809 (according to the lowest number of sequences of one sample in this study) to equalize the sampling depth across all samples.


Gut Microbial Community Analysis

We used LEfSe (Segata et al., 2011) to determine the gut microbial taxon with significantly differentiating abundance among groups (development stages). The relative abundance table of the bacteria families was inputted into Cytoscape 3.4.0 (Shannon et al., 2003). And then, we used the plugin CoNet (Faust and Raes, 2016) to generate co-occurrence plots using these parameters (Spearman index, ρ = 0.7). CoNet can detect significant non-random patterns of co-occurrence (mutual exclusion and copresence) in abundance and incidence data (Faust and Raes, 2016). The alpha diversity (e.g., phylogenetic diversity) among groups was analyzed using one-way ANOVA in SPSS Statistics 20.0 (IBM SPSS, 2011).



Gut Microbial Beta Diversity Analysis

The Bray-Curtis distance for species abundance was used to generate NMDS in PAST3 (Hammer et al., 2001). Moreover, to evaluate the effect of development stages on the gut microbiota composition, we performed one-way permutational multivariate ANOVA on Bray-Curtis dissimilarities in species abundance in PAST3 (Hammer et al., 2001). To determine the dissimilarity trend over the development stages, we performed pairwise comparisons among groups on Unifrac unweighted distance (Lozupone et al., 2011). The contribution of each gut microbial genus to the observed dissimilarity between groups was performed by Similarity Percentages test (SIMPER) in PAST3 (Hammer et al., 2001).



Microbial Phenotype Prediction

We used BugBase to predict the oxygen-related phenotypes of the frog gut microbiome (Ward et al., 2017). BugBase is an algorithm that predicts organism-level coverage of functional pathways as well as biologically interpretable phenotypes such as oxygen tolerance and Gram staining within complex microbiomes using either marker gene sequencing data (e.g., 16S) or whole-genome shotgun data (Ward et al., 2017). For example, reference databases in BugBase included Integrated Microbial Genomes (Markowitz et al., 2011), the Kyoto Encyclopedia of Genes and Genomes (KEGG) (Kanehisa et al., 2011), and the Pathosystems Resource Integration Center (Snyder et al., 2006), which were categorized to six major phenotypes (e.g., Gram staining, oxygen tolerance, ability to form biofilms, mobile element content, pathogenicity, and oxidative stress tolerance) (Ward et al., 2017). Here, the OTU table of 16S data was normalized by 16S copy number and then was input into the BugBase to gain the trait prediction by algorithm methods based on the reference databases (Ward et al., 2017). Pairwise Mann-Whitney-Wilcoxon tests were performed among groups.



Metagenomic Sequencing and Data Analysis


Metagenomic Sequencing

Metagenomic shotgun sequencing libraries were prepared and sequenced at Shanghai Biozeron Biological Technology Co. For each sample, 1 μg of genomic DNA was used with Illumina’s TruSeq for library preparation. Libraries were sequenced using the Illumina HiSeq 4000, PE 150.



Removal of Putative Host and Diet Contamination

HiSeq reads were filtered using custom Perl scripts and Trimmomatic (parameters: Trimmomatic-0.30.jar PE -phred33 LEADING:0 TRAILING:20 SLIDINGWINDOW:50:20 MINLEN:50) (Bolger et al., 2014) to remove (i) all reads less than 50 bp in length, (ii) reads with degenerate bases (N′s), and (iii) all duplicates defined as sequences whose initial 20 nucleotides were identical and shared an overall identity of greater than 97% throughout the length of the shortest read. After blasting with the NR databases using diamond (Buchfink et al., 2014), we removed the putative host (frog) and diet (insect) contamination and gained clean reads. This was the first step to remove putative host contamination. Megahit (Li et al., 2015) was used to assemble the clean reads (removing the contigs with coverage <60%), and prodigal was used for gene prediction (Hyatt et al., 2010). Then, we blasted these genes against the NR database in the National Center for Biotechnology Information using diamond and gained the putative taxon assignments of these genes per metagenome (Buchfink et al., 2014). Thus, we classified the taxon information for these genes into three categories, such as prokaryotes, and the different contamination sources (e.g., host, diet). Then, we used salmon (Patro et al., 2015) to map the clean reads to these genes per metagenome and kept only the reads theoretically belonging to prokaryotes. This was the second step in removing the host or diet (insect) contamination per metagenome. We used megahit (Li et al., 2015) to assemble these clean reads into contigs and remove the contigs with coverage of less than 60%. Prodigal (Hyatt et al., 2010) was used for gene prediction from these high-quality (flited) contigs, and we gained the gene files in this step. CD-HIT (Li and Godzik, 2006) was used to construct non-redundant gene sets with less than 90% overlap and less than 95% shared sequence identity from these gene files. We used diamond (Buchfink et al., 2014) to conduct species annotation for the non-redundant gene profile, remove the genes putatively belonging to the host and diet, and gain the final clean non-redundant gene profile. This was the final step to remove contamination. The referred published frog genome is not well assembled, which lead to the poor blasting for some metagenome reads. Thus, we used this third step to remove the putative contaminations based on non-redundant gene sets.



Clean Read Processing and KEGG Analysis

Based on these gene profiles, we used salmon (Patro et al., 2015) to map the clean reads (from step 2 after removing contamination) per metagenome to the clean non-redundant gene profile and determine the TPM abundance (transcripts per million reads) of these non-redundant gene profiles in each metagenome. Finally, the clean non-redundant gene sequences were searched against the KEGG database using diamond (Buchfink et al., 2014). The KEGG orthology, enzyme commission, and KEGG pathways associated with each sequence were determined. We calculated the relative abundance of KEGG pathways using TPM (transcripts per million) (Wagner et al., 2012).



Transcriptome Analysis

We reanalyzed the transcriptome data in our previously published study (Zhao et al., 2016). These transcriptomes represented the three key developmental stages of M. fissipes: premetamorphosis (stage 30), metamorphic climax (stage 42, MB), and completion of metamorphosis (stage 45, MC). Three individuals from each of the three stages were used as independent biological replicates. Here, we focused on the genes coding for putative enzymes involved in the chitin metabolic pathway due to the dietary changes in these frogs. To compare the unigene expression levels, each unigene was further normalized by fragments per kilobase of exon model per million mapped reads for the three developmental stages (Trapnell et al., 2010). The transcriptome analysis focused on the changes in gene expression during metamorphosis and did not include the adult stage samples.
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Temperature is a prominent abiotic environmental variable that drives the adaptive trajectories of animal lineages and structures the composition of animal communities. Global temperature regimes are expected to undergo rapid shifts in the next century, yet for many animal taxa we lack an understanding of the consequences of these predicted shifts for animal populations. In this review, we synthesize recent evidence that temperature variation shapes the composition and function of animal gut microbiomes, key regulators of host physiology, with potential consequences for host population responses to climate change. Several recent studies spanning a range of animal taxa, including Chordata, Arthropoda, and Mollusca, have reported repeatable associations between temperature and the community composition and function of the gut microbiome. In several cases, the same microbiome responses to temperature have been observed across distantly related animal taxa, suggesting the existence of conserved mechanisms underlying temperature-induced microbiome plasticity. Extreme temperatures can disrupt the stability of alpha-diversity within the gut microbiomes individual hosts and generate beta-diversity among microbiomes within host populations. Microbiome states resulting from extreme temperatures have been associated, and in some cases causally linked, with both beneficial and deleterious effects on host phenotypes. We propose routes by which temperature-induced changes in the gut microbiome may impact host fitness, including effects on colonization resistance in the gut, on host energy and nutrient assimilation, and on host life history traits. Cumulatively, available data indicate that disruption of the gut microbiome may be a mechanism by which changing temperatures will impact animal fitness in wild-living populations.
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INTRODUCTION

Variation in ambient temperature is a ubiquitous feature of every environment on Earth which organisms must endure to ensure their own survival and reproduction. The frequency and magnitude of temperature fluctuations are expected to increase globally over the next century (Deser et al., 2012), in part as a consequence of human-induced climate change. As many as one in six animal species may be threatened with extinction by shifting temperature regimes (Urban, 2015), with potential cascading consequences for animal communities and wider ecosystems. Predicting biodiversity responses to changing temperature regimes first requires an understanding of the mechanisms by which temperature impacts organismal physiology and fitness.

Rising temperatures may negatively affect animal fitness directly through effects on physiology, but they may also reduce fitness by disrupting mutualisms between animals and other organisms. The effects of temperature on species interactions are well documented in symbiosis between Eukaryotes. Changes in temperature has been implicated in disrupting multi-species interactions among plants, insects, and birds in experimental solardomes (Buse et al., 1999). Similarly, warming temperatures have been associated with disruption of top trophic levels in marine systems (Kordas et al., 2011). Some of the most pervasive symbioses into which animals enter are those with bacteria and archaea (McFall-Ngai et al., 2013), motivating the need to investigate the effects of temperature on interactions with these species as well. Every animal species harbors microbial communities both in and on the body. Although some of these animal-associated microbial communities may be sparse, unstable, or of minimal functional significance for their hosts (Hammer et al., 2019), many contribute in fundamental ways to host phenotypes and fitness. The densest communities of microorganisms associated with animals typically reside in the gastrointestinal tract. In many animal lineages, the gut microbiota has become deeply integrated with host metabolic, immune, and neuroendocrine systems (Kau et al., 2011). In mammals and insects, for example, germ-free (i.e., axenic) hosts of some species display a range of phenotypic differences when compared to host reared in the presence of a gut microbiota (Neufeld et al., 2011; Ridley et al., 2012). In addition, gut-microbiota transplant experiments into axenic hosts have revealed that variation in the microbiota can generate variation in host phenotypes (Faith et al., 2014; Gould et al., 2018). Recently, this gut-microbiota driven variation in host phenotype has been implicated in the adaptive evolution of host populations (Rudman et al., 2019) and species (Moeller et al., 2019), further suggested that the presence of specific microorganisms in the gut is important for host fitness. As temperature regimes change globally, any effect that these changes have on the composition of animal gut microbial communities may alter their functions and lead to consequences for host phenotypes and fitness. Therefore, understanding how ambient temperature impacts the gut microbiota of animals may help predict future responses of animal lineages and communities to climatic change.

In this review, we synthesize recent literature investigating the effect of ambient temperature on the composition and function of the animal gut microbiota. We focus on experiments designed to test the effects of temperature, rather than retrospective studies, although insights into the effects of seasonality and latitude on the gut microbiota are emerging (Smits et al., 2017; Orkin et al., 2019). The broad application of culture-independent, high-throughput sequencing methods across the experiments reviewed here allows straightforward comparison of results, revealing several general trends that appear across the animal phylogeny as well as host clade-specific effects. In addition, we discuss several routes by which variation in the gut microbiota generated by temperature changes may affect animal phenotypes and fitness.



EFFECTS OF TEMPERATURE ON THE COMPOSITION OF THE ANIMAL GUT MICROBIOTA

Recent studies have shown that variation in temperature shapes the composition of the gut microbiota across the animal tree of life. In animals, the composition of the gut microbiota varies across taxa, and hosts from the same taxon often display more similar gut microbiota compositions than do hosts from different taxa (McFall-Ngai et al., 2013). Accordingly, the specific effects of temperature on the gut microbiota differ between animal taxa. Although many host species-specific trends have been reported, some general findings have emerged across animal clades. In particular, increases in temperature have been associated with changes in the community membership and relative abundances of specific bacteria (beta diversity) within the host individuals. Several recent studies further suggest that shifts in the gut microbiota in response to temperature may have cascading physiological consequences for host performance under different thermal conditions. In this section, we synthesize the compositional changes in the gut microbiota that have been reported in response to temperature in diverse animal taxa (Figure 1). We focus our synthesis on animal gut microbiotas, although it should be noted that recent studies have also reported temperature-induced shifts in animal microbiotas inhabiting other body sites, such as the hemolymph (Lokmer and Wegner, 2015) and epidermis (Fan et al., 2013). In the case of animal gut microbiotas, available data suggests that each host species displays a distinct microbial response to thermal stress, but some gut bacterial taxa, in particular lineages of Firmicutes and Proteobacteria, display consistent shift with temperature that appear to be reproducible across host species.
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FIGURE 1. Experiments investigating effects of temperature on the composition of animal gut microbiomes. (A) Phylogenetic tree of animal species in which the effects of ambient temperature on the composition of the gut microbiota have been examined by experimental manipulations. Scale bar indicates divergence time in millions of years (MY). (B) Boxes correspond to host species at tips of phylogeny in (A) and contain lines indicating the relationships observed between temperature and the relative abundances of Firmicutes and Proteobacteria, two predominant gut bacterial phyla that display consistent trends across animal taxa. Upward and downward sloping lines indicate positive and negative associations within temperature, respectively. Dashed lines indicate instances in which temperature displayed consistent associations with relative abundances of genera within either Firmicutes or Proteobacteria.



Experiments in Vertebrates

The composition of the gut microbiota in vertebrates tends to be dominated by the phyla Firmicutes, Bacteroidetes, Actinobacteria, Proteobacteria, and Fusobacteria, although the relative proportions of these phyla differ among vertebrate lineages (Ley et al., 2008). In mammals, Firmicutes and Bacteroidetes dominate, whereas Proteobacteria comprise a larger fraction of the gut microbiota in many birds, reptiles, and fish. Recent studies have assayed the gut microbiota of lab-reared or enclosure-reared vertebrates at different temperatures (Tajima et al., 2007; Chevalier et al., 2015; Kohl and Yahn, 2016; Bestion et al., 2017; Fontaine et al., 2018; Zhu et al., 2019). Despite the differences in composition among the gut microbiotas of vertebrate lineages, several general trends in responses of the gut microbiota to temperature variation have been observed across host species.

In tetrapods, temperature has been shown to induce reductions in the relative abundances of the gut bacterial phylum Firmicutes. In mammals, this effect has been reported in mice and cows. Rearing house mice (Mus musculus domesticus) at 6°C lead to a reproducible shift in the composition of the gut microbiota marked in part by a reduction in the relative abundances of Firmicutes not observed in mice reared at 25°C (Chevalier et al., 2015). Conversely, rearing cattle (Bos taurus) at 20, 28, and 33°C led to a progressive decrease in the relative abundances of Firmicutes within the gut microbiota (Tajima et al., 2007).

Similar effects of temperature have also been experimentally observed in amphibians and reptiles, including, lizards, chicken, tadpoles, and salamanders. Populations of the common lizard (Zootoca vivipara) reared at maximum daily temperatures of 29.3 ± 0.4°C, 31.5 ± 0.5°C, and 32.1 ± 0.6°C displayed a progressive decrease in the relative abundances of Firmicutes with increasing temperature (Bestion et al., 2017). A similar effect has also been observed in tadpoles (Lithobates pipiens), which displayed decreases in relative abundances of Firmicutes at 28°C relative to at 18°C (Kohl and Yahn, 2016). The gut microbiotas of Salamanders (Plethodon cinereus) were also found to display progressive decreases in the relative abundances of genera within the Firmicutes (e.g., Anaerotrucus) at 10, 15, and 20°C (Fontaine et al., 2018). In addition, laying hens exposed to heat stress have been shown to exhibit significant decreases in the relative abundance of Firmicutes within the fecal microbiota (Zhu et al., 2019).

The mechanisms underlying the negative association between Firmicutes relative abundances and temperature in the tetrapod gut microbiota remain unclear. This association is particularly interesting, because it spans both endothermic and ectothermic host taxa. Characterization of the spatial structure of bacterial taxa within the gut microbiota has revealed that Firmicutes are overrepresented near host epithelia relative to the center of the lumen, at least in some mammals (Earle et al., 2015). One possibility is that animal hosts may invest metabolically in maintaining commensal and beneficial lineages of Firmicutes within the gut microbiota, and that divesting resources to cope with thermal stress may therefore lead to reductions in abundances of this phylum.

In addition to decreases in the relative abundances of Firmicutes within the Amniota gut microbiota, several studies have also observed an overall decrease in alpha diversity in response to higher temperatures. In mice, temperatures of 6°C were associated with higher phylum-level alpha diversity within the gut microbiota (Chevalier et al., 2015). Similarly, in lizards (Bestion et al., 2017), chickens (Zhu et al., 2019), and salamanders (Fontaine et al., 2018), higher temperatures were associated with a decrease in 16S operational taxonomic unit (OTU)- or amplicon sequence variant (ASV)-level alpha diversity within individual microbiota. In contrast, no significant associations between temperature and alpha diversity were observed in cows or tadpoles (Tajima et al., 2007; Kohl and Yahn, 2016).

The effects of ambient temperature on the gut microbiota have also been examined in fish species. Negative associations between rearing temperature and Firmicutes relative abundances have been observed in rainbow trout (Oncorhynchus mykiss) (Huyben et al., 2018). However, rearing temperature and the relative abundances of Firmicutes do not appear to be consistently associated with one another in all fish species, which typically harbor lower relative abundances of Firmicutes than tetrapods and higher relative abundances of Proteobacteria (Ley et al., 2008). Accordingly, many of the compositional changes in the fish gut microbiota in response to temperature variation that have been reported are driven by shifts in the relative abundances of Proteobacteria linages. For example, a recent study comparing the gut microbiotas of salmon (Salmo salar) found that increasing temperatures were associated with shifts in the relative abundances of Gammaproteobacteria linages, with decreases in the relative abundances of Acinetobacter and increases in the relative abundances of Vibrio species known to display pathogenic properties (Neuman et al., 2016). Similar shifts in Gammaproteobacteria abundances have been observed in yellowtail kingfish (Seriola lalandi) (Soriano et al., 2018).



Experiments in Invertebrates

The composition of the gut microbiota varies substantially across invertebrate animal species but tends to display higher relative abundances of Proteobacteria compared to gut-microbiota composition in vertebrates. Variation in ambient temperature has been associated with changes in the composition of the gut microbiota in diverse invertebrate lineages, including both arthropods and molluscs.

In insects, increases in temperature have been associated with increased relative abundances of Proteobacteria. Developmental temperature has been shown to impact the composition of the gut microbiota of fruit flies (Drosophila melanogaster), with higher temperatures (31°C) leading to increased abundances of Acetobacter, a genus of Proteobacteria, relative to lower temperatures (13°C) (Moghadam et al., 2018). Similarly, the gut microbiotas of wood lice (Porcellio scaber) exhibited decreased relative abundances of Actinobacteria and increased relative abundances of Proteobacteria in response to increases in temperature (Horváthová et al., 2019). Effects of temperature on the relative abundances of Proteobacteria lineages have also been observed in worms (Caenorhabditis elegans): worms reared at higher temperatures displayed increases in the relative abundances of Agrobacterium, a genus of Proteobacteria, and a corresponding decrease in the relative abundances of Sphingobacterium, a genus of Bacteroidetes (Berg et al., 2016). Intriguingly, the effect of temperature on the relative abundances of these bacterial genera within worm hosts displayed the opposite sign of the effect of temperature on the relative abundances of these genera in the soil, suggested interactions between bacteria and hosts influence the effects of temperature on bacterial abundances. In contrast to insects and C. elegans, the positive association between Proteobacteria relative abundance and temperature has not been observed in molluscs. In mussels (Mytilus coruscus), temperature was not significantly associated with changes in the relative abundances of bacterial phyla, but instead with shifts in the relative abundances of several bacterial genera (Li et al., 2018). In particular, mussels exposed to higher temperatures displayed decreases in the relative abundances of several bacterial genera and an overall decrease in alpha diversity.



Field Studies

In addition to testing directly the effects of temperature on the animal gut microbiota in controlled experimental conditions, several recent studies have identified associations between temperature and the composition of the gut microbiota in wild-living hosts. These studies are limited in their ability to identify effects of temperature on the gut microbiota by the fact that temperature often co-varies with other environmental variables that can affect gut-microbiota composition, such as food availability. However, these studies are essential to determine how temperature effects on the gut microbiota are realized in natural host populations. To date, most field-based studies of associations between temperature and the animal gut microbiota have focused on comparing gut-microbiota compositions among animal hosts across temperature gradients along both temporal (e.g., seasonality) and spatial (e.g., altitude, latitude) axes.

Changing seasons have been shown to dramatically reshape the gut microbiota in some animal clades. However, these shifts in the gut microbiota are thought to primarily reflect differences in host diet between seasons rather than shifts in temperature, and the specific changes in the gut microbiota found to be induced by temperature in animal experiments (e.g., Firmicutes relative abundance decreasing with temperature) are often not observed between seasons in wild-living hosts. For example, wild mice display differences in gut microbiota composition between seasons marked by shifts in the relative abundances of bacterial taxa and functions related to seasonal differences in the availability of dietary items (Maurice et al., 2015). Similar results have been observed in human populations of hunter gatherers (Smits et al., 2017). Seasonality has also been shown to affect the composition of the microbiome in Galapagos Geospiza fuliginosa and Geospiza fortis finches, which harbored higher abundance of gammaproteobacterial in dry seasons and an overrepresentation of Actinobacteria and Bacilli in wet seasons (Michel et al., 2018). In addition, the gut microbiotas of oysters have also been shown to change cyclically with seasons, displaying reduced alpha diversity in winter months (Pierce et al., 2016).

In many animal taxa, seasonal shifts in temperature induce behavioral and physiological changes, such as hibernation, which in some cases have been associated with changes in the composition of the gut microbiota. For example, the composition of the gut microbiota has been shown to be associated with hibernation in bees (Bosmans et al., 2018), ground squirrels (Carey and Assadi-Porter, 2017), and bears (Sommer et al., 2016). In bears, gut-microbiota transplant experiments have further shown that the summer-associated bear gut microbiota confers increases in adiposity in germ-free mice. These results suggest that seasonal shifts in the gut microbiota may contribute to adaptive phenotypic plasticity in their hosts.

In addition to seasonality, several studies have reported associations between spatial variation in temperature and the composition of the gut microbiota. For example, both fruit flies and humans display some evidence of differences in gut-microbiota composition with latitude (Walters et al., 2018; Rudman et al., 2019), although the degree to which these shifts are driven by temperature remains poorly understood. Similarly, high-altitude mammals display altered gut-microbiota composition (Zhang et al., 2016). These shifts may be driven in part by reduced temperatures, but they may also reflect other environmental factors associated with altitude, such as oxygen concentrations. Understanding how ambient temperature specifically contributes the composition of the gut microbiota in wild-living populations of animals remains an exciting area for future research.



FUNCTIONAL CONSEQUENCES OF TEMPERATURE-INDUCED SHIFTS IN ANIMAL GUT MICROBIOMES

Changing the community composition of the gut microbiota can alter its functional properties, thereby affecting host phenotypes and potentially fitness. The widespread effects that temperature has on the gut microbiota composition of diverse animal lineages invite questions regarding how this gut microbiota plasticity affects animal individuals and populations. In this section, we outline several routes by which changes in the composition of the gut microbiota in response to temperature may affect host fitness. In particular, we highlight recent experiments that have demonstrated a causal relationship between temperature-associated changes in the gut microbiota and host performance. Temperature induced changes in the gut microbiota can be deleterious for hosts, but they may also serve as cues that contribute to adaptive host phenotypic plasticity.


Nutrient Assimilation and Host Metabolism

A primary function that the gut microbiota provides to animal hosts is increased digestive efficiency of complex polysaccharides and other molecules that are otherwise inaccessible to animal metabolism. Therefore, alterations of the gut microbiota caused by temperature may affect the metabolic costs and benefits received by hosts. In extreme cases of tight-knit symbiosis that are essential for host metabolism, such as insects and their bacterial symbionts, effects of extreme temperatures on host survival may be mediated by disruption of microbial associations (Zhang et al., 2019). However, the degree to which complex gut microbiotas mediate effects of temperature on host nutrient assimilation and metabolism is only beginning to be explored.

Several studies have reported associations between changes in the composition of the animal gut microbiota in response to temperature and changes in host digestive performance and metabolism. Fontaine et al. (2018) reported a decrease in energy assimilation, food intake, and digestive efficiency in salamanders reared at temperatures different from the host’s preferred temperature, and these changes in energy flux parameters were associated with specific changes in the microbiome composition. In particular, energy assimilation was associated with the relative abundances of the genera Sphingopyxis and Roseococcus as well as the genus Stenotrophomonas, which contains lineages capable of digesting cellulose polymers (Dantur et al., 2015). Similarly, in cattle, warm temperatures were associated with compositional shifts in the gut microbiota as well as decreased digestive performance in hosts, measured by rate of dry-mass digestibility (Tajima et al., 2007). However, in both of these cases, it remains unclear whether the changes in the gut microbiota in response to temperature are responsible for decreased host energy acquisition from the diet, as opposed to both trends reflecting other effects of temperature on host physiology. Differentiating between these competing hypotheses will require direct experimental manipulation of microbiota composition within hosts.

In mice, microbiota transplant experiments into germ-free hosts afford opportunities to directly interrogate the effects of temperature-induced changes in gut-microbiota composition on host phenotypes and fitness. To date, such experiments have been performed with regard to cold-induced changes in gut-microbiota composition (Chevalier et al., 2015) but not with regard to the effects of heat stress (although bacterial endosymbionts have been shown to affect host heat tolerance in insects; Zhang et al., 2019). Chevalier et al. (2015) transplanted the compositionally distinct gut microbiotas of mice reared in cold and room temperatures into germ-free mice and observed metabolic host responses. This experiment revealed that the cold-associated gut microbiota induced white-fat browning and elevated metabolic rate in mice. Further experiments have shown that cold-induced increases in bile acids contribute to cold-induced compositional shifts in the mouse gut microbiota (Worthmann et al., 2017), and that elimination of the microbiota impairs thermogenesis via brown adipose tissue (BAT) and reduces host energy metabolism (Li et al., 2019). Similar effects of cold temperatures have been observed in fruit flies, which exhibit gene-expression changes in the gut in response to cold driven by shifts in the gut microbiota (Zare et al., 2018). Overall, these experiments provide evidence that temperature-induced changes in the gut microbiota can have fast-acting metabolic consequences for hosts. In addition, these results are consistent with a history of host adaptation to the plastic responses of its gut microbiota. Specifically, hosts appear to have evolved to recognize cold-associated shifts in the gut microbiota and adjust metabolic processes accordingly.



Colonization Resistance

Beyond contributions to host metabolism, a primary role of the gut microbiota for hosts is providing protection against infection by pathogens. The gut microbiota at once guides the development of the host immune system and occupies ecological niches in the gut that may otherwise be available to pathogens. Disruption to the gut microbiota can therefore deleteriously affect host fitness by way of eliminating these beneficial functions. For example, immunocompromised individuals often display an altered gut microbiota (Lozupone et al., 2013; Moeller et al., 2013), which in some cases may contribute to systemic infection and host mortality (Barbian et al., 2018). Although the effects of temperature-induced changes in the gut microbiota on host colonization resistance have not been established, several recent lines of evidence suggest that disruption of animal gut microbiota by temperature may reduce the resistance of hosts to invasion and colonization by microorganisms with pathogenic qualities.

Heat stressed individual hosts may be more likely to harbor by diverse microbial lineages not typically found at appreciable abundances within the gut microbiota, as evidenced by the increased compositional heterogeneity of the gut microbiota among individuals reared under stressful thermal conditions. Several studies have reported increased beta-diversity among the gut microbiota of hosts reared at temperatures approaching thermal maxima relative to hosts reared at more optimal temperatures. For example, a recent study of the gut microbiota of tadpoles found that hosts displayed increased beta-diversity in the gut microbiota among hosts when reared at warm temperatures compared to cooler temperatures (Kohl and Yahn, 2016). In addition, warm-reared hosts tended to harbor higher relative abundances of Mycobacterium, a genus with pathogenic representatives. Similar effects of thermal stress on compositional variation in the gut microbiota among individuals have been observed in corals, which harbor more compositionally heterogeneous microbial communities at warmer temperatures relative to cool temperatures (Zaneveld et al., 2017). The coral pathogen Vibrio coralliilyticus has been shown to display higher virulence at temperatures above 27°C than at cooler temperatures. A similar effect of heat stress on the colonization resistance of individual gut microbiota has been hinted at by a recent study of mussels, which found that heat-stressed individuals harbored greater relative abundances of potentially pathogenic lineages within the genera Bacteroides and Acrobacter (Li et al., 2018). Moreover, changes in the mussel microbiota induced by heat stress were associated with mussel mortality and also detected in mussels that suffered mortality regardless of rearing temperature, indicating that changes in the mussel gut microbiota in response to heat stress may contribute to host mortality.

Disruption of the gut microbiota may reduce colonization resistance by opening up niche space in the gut for pathogenic microorganisms, but it may also reduce colonization resistance by eliminating or reducing the abundances of gut bacteria that actively inhibit the growth of pathogenic microorganisms. For example, the wood louse P. scabber harbors antibiotic producing Actinobacteria in the gut whose abundance and diversity within hosts may affect host colonization resistance. Horváthová et al. (2019) showed that the relative abundances of lineages of Actinobacteria in P. scabber decreased with increasing temperatures. However, the relative contributions of increased ecological opportunity and decreased inter-microorganism competition to the invasibility of disrupted gut microbiota remain unclear.

In addition, disruption of the gut microbiota by extreme temperatures may decreased colonization resistance by way of negative impacts on the maturation and functioning of immune system, especially if the disruption occurs early in the animal’s life. The precise critical windows for microbial roles in host immunological development are still under investigation, but it is becoming increasingly clear that early life exposures to the microbiota guide the differentiation of immunological cells and tissues in the gut that protect hosts against infection. For example, in mice, the presence of a mouse-specific gut microbiota is required for complete differentiation of T-cell populations not seen when mice harbor a human- or rat-derived microbiota (Chung et al., 2012). If disruption of microbiota by temperature and loss of beneficial diversity is inherited in hosts, as has been observed in experiments of dietary fiber restriction (Sonnenburg et al., 2016), then host generations following extreme temperature events may lack exposure to microorganisms necessary for proper immunological development. Under this scenario, the negative fitness consequences of temperature mediated by the microbiota could amplify over host generations.



Host Life History Traits

In addition to effects on host metabolism and immunity, changes in the gut microbiota can have downstream consequences for host life history traits, key components of fitness. Recent strain-inoculation experiments in axenic fruit flies (Drosophila melanogaster) have demonstrated that the presence of different combinations of gut bacterial strains within hosts shapes key host life history traits, including fecundity, development time, and time to death (Gould et al., 2018). Similarly, germ-free mice exhibit a range of changes in growth rate and fecundity-related phenotypes (Dubos and Schaedler, 1960). In addition, the host-species specific microbiota appears to be a key regulator of growth phenotypes, as house mice (Mus musculus domesticus) inoculated with the gut microbiota of closely related host species display altered growth curves than when inoculated with their own gut microbiota (Moeller et al., 2019). These results suggest that disruption of the gut microbiota by thermal stress could ultimately affect host growth and reproductive traits, but this hypothesis has not been tested with experiment.

A recent study in D. melanogaster provides some evidence that temperature induced shifts in the gut microbiota may affect host life history traits and fitness. The gut microbiota of D. melanogaster exhibits clinal variation in the relative abundances of acetic-acid bacteria and lactic-acid bacteria. These same bacteria have been shown through inoculation experiments with axenic flies to affect traits including developmental rate, lipid metabolism, and starvation thresholds. Inoculation of different proportions of these strains into fly populations elicited divergent rapid evolutionary responses in hosts, driving shifts in allele frequencies that mirror clinal variation in allele frequencies observed in wild populations (Rudman et al., 2019). These results provide strong evidence that variation in microbiota composition is contributing to adaptive divergence between wild fly populations. However, the extent to which clinal differences in bacterial abundances are driven by temperature, as opposed to other factors that vary with latitude, remains unclear. For example, while some of the clinal variation in the D. melanogaster gut microbiota may be driven by temperature, experiment evidence suggests that fly populations at different latitudes may be adapted to select for bacteria that confer host life history traits that improve fitness in the hosts’ respective geographic locations (Walters et al., 2018).

There is also emerging evidence that selection on hosts for cold tolerance may lead to shifts in the gut microbiota. A recent experimental evolution study of Tilapia found that artificially selecting hosts based on their cold tolerance generated compositional changes in the gut microbiota, and that cold-selected fish harbored gut microbiotas that were more resilient to cold than were fish reared and standard temperatures (Kokou et al., 2018). These results are consistent with contributions of the gut microbiota to host fitness in cold temperatures. However, the effects of cold-selected gut microbiota on Tilapia life history traits and other phenotypes have yet to be determined.

In tetrapods, changes in the gut microbiota driven by temperature have been associated with host lifespan, but the causal relationship between the gut microbiota and host lifespan in the context of temperature variation has yet to be established. A recent study of the common lizard (Zootoca vivipara) found that increasing temperatures by ~2°C led to a decline in alpha diversity within the gut microbiota of individual lizards, and that alpha diversity was negatively associated with host mortality (Bestion et al., 2017). These results are consistent with the possibility that temperature increases induced losses of commensal and beneficial bacterial diversity from lizard hosts, which in turn led to increased mortality. However, an alternative explanation is that both changes in microbiota alpha-diversity and increased mortality resulted from other factors, such effects of temperature on host physiology not mediated by the microbiota.



FUTURE DIRECTIONS

Available evidence strongly suggests that temperature variation structures the composition and function of gut microbiomes in animals. One major outstanding question is the relative contributions of direct and indirect effects of temperature on the animal gut microbiome. Temperature is a major determinant of microbial diversity in microbiomes globally (Thompson et al., 2017), and therefore may directly alter gut microbiomes in animals, especially in those that are unable to precisely thermoregulate (e.g., ectotherms). However, temperature may also have indirect effects on the gut microbiome mediated by host responses. For example, temperature stress is known to affect host metabolism and energy budgets of a diversity of animals (e.g., Sokolova et al., 2012), which could in turn affect host investment in regulating microbiome composition. Teasing apart these direct and indirect effects of temperature on animal gut microbiomes represents an exciting area for future research.

Other major outstanding questions include whether and how shifts in the gut microbiome in response to temperature feedback to affect host phenotypes and fitness. While several studies have observed associations between temperature-induced variation in the gut microbiota and host phenotypes and fitness, few have demonstrated a causal role of the microbiota in these effects. A notable exception is a recent study that employed microbiota transplant experiments in germ-free animals to demonstrate that cold-induced shifts in the mouse gut microbiota confer adaptive phenotypes in the context of cold stress (Chevalier et al., 2015). Similar experiments that transplant the gut microbiota from individuals reared at different temperatures into germ-free hosts and observe the phenotypic consequences in the recipients (Figure 2) to test the effects gut-microbiota compositions associated with temperature changes represent exciting avenues for future research. Germ-free animal models include mice, chicken, zebrafish (Rawls et al., 2006), drosophila, and others, all of which provide opportunities to discover the effects of temperature-generated microbiota variation on hosts. This diversity of host systems also affords opportunities to understand what types of animals (e.g., ectotherms vs. endotherms) are most resilient to gut microbiome variation generated by changes in ambient temperature. Similarly, it will be possible to explore whether animals that have evolved in the presence of highly variable or stable gut microbiomes differ in their resilience to temperature-induced microbiome variation. Developing a mechanistic understanding of how gut microbiota variation under shifting global temperature regimes will affect animal phenotypes and fitness may improve prediction of population-level responses to climatic change.


[image: image]

FIGURE 2. Germ-free animals provide avenues for discovering microbiota-mediated effects of temperature on hosts. Rearing hosts at different ambient temperatures (Left), transplanting the hosts’ microbiota into germ-free animals (Center), and measuring responses in gnotobiotic recipients (Right) can identify effects of changes in the microbiota driven by ambient temperature on host phenotype. Experiments in mice have shown that cold-driven changes in the gut microbiota cause responses in host metabolism that improve host cold tolerance (Chevalier et al., 2015).
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Marine host-associated microbiomes can strongly influence their host’s function and are shaped by selection, dispersal, diversification, and drift. These processes can lead to spatially structured microbiomes, with potential implications for host fitness in different locations. We review the literature on marine host-associated microbiomes to identify if spatially structured microbiomes are more prevalent in certain taxonomic groups, are linked to species traits, or sampling design and methodology. The 28 papers analyzed represented 38 host species, with spatial structure detected in 75% of species, increasing to 83% when restricted to studies using high-throughput DNA sequencing. Spatial structure was detected in all coral and marine mammal microbiomes, but was less common in fish (69%) and sponges (46%). Mobile species and external tissues were more likely to show spatially structured microbiomes than sessile species and internal tissues. We found no relationship between spatial structuring and maximum distance between sampling sites, with studies on large (>1000 km) and small spatial scales (<100 km) almost as likely to show spatial structure (87% vs. 79%). Our results support using high-throughput sequencing for studying marine host-associated microbiomes due to better taxonomic resolution compared to other methods. Given the observed generality of spatially structured microbiomes, future studies should test whether microbiome variation between locations affects host fitness. Researchers should include sufficient environmental microbiome sampling and host data to distinguish host and environmental effects. This will help resolve the relative importance of selection, dispersal, diversification and drift in shaping marine host-associated microbiomes.
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INTRODUCTION

Host-associated microbiomes (including bacteria, unicellular eukaryotes and fungi) can strongly influence their host’s function (O’Brien et al., 2019). For example, corals depend on symbiotic relationships with photosynthetic Symbiodiniaceae dinoflagellates, and heterotrophic foraminifera and radiolarians also house endosymbiotic microalgae. Microbial influence on host function can include semi-permanent microbially mediated adaptation (Correa and Baker, 2011; Sison-Mangus et al., 2014) or acclimation (Dittami et al., 2016; Röthig et al., 2016) of the host to their environment (e.g., to temperature and salinity). Additionally, host-associated microbiomes can also influence and reflect the host’s health (e.g., skin microbiome of marine mammals, Bierlich et al., 2018). The green alga and major marine primary producer Ostreococcus exchanges B vitamins with bacterial partners, highlighting the importance of mutualistic interactions between the microbiome and the host (Cooper et al., 2019). Sponge and coral microbiomes also play important roles in cycling key nutrients including phosphorus, carbon, nitrogen, and sulfur (Raina et al., 2009; Pita et al., 2018).

Marine host-associated microbiomes vary between genera (Pita et al., 2013a), species (Reveillaud et al., 2014), and between individuals (Datta et al., 2018). The spatial structure of host-associated microbial communities is crucial for understanding potential effects on the host’s ecology and physiology (Mark Welch et al., 2016). For the purposes of this review, we define spatially structured microbiomes in terms of biogeography, i.e., if individuals from a given geographic location share more similar microbiomes than with individuals from other locations, the species shows a spatially structured microbiome, as opposed to micro-scale or tissue/niche-based spatial structuring. There is still a knowledge gap regarding large-scale patterns of microbial distribution among ecosystems (Nemergut et al., 2013), including host-associated microbiomes. Host-associated microbes from different geographic areas might have a different function despite similar environmental conditions (Martiny et al., 2006). Therefore, microbial biogeography studies of host-associated communities are key for predicting effects on both the host organism and ecosystem (Martiny et al., 2006).

Host-associated microbial communities are shaped by four ecological processes, consisting of selection, dispersal, diversification, and ecological drift (Hanson et al., 2012; Zhou and Ning, 2017). Selection shapes communities due to fitness differences, including survival, growth and reproduction, between community members in a given environment (Vellend, 2010; Stegen et al., 2015; Zhou and Ning, 2017). Selection can be influenced by abiotic and biotic factors on local and regional scales (Zhou and Ning, 2017). Additionally, the host organism itself can exert selection pressure on the microbiome, for example through the immune system (Müller and Müller, 2003; Sipkema et al., 2015). Dispersal describes movement and successful colonization across space, which can be passive or active (Vellend, 2010; Hanson et al., 2012; Zhou and Ning, 2017). Marine microbes are considered to disperse passively (e.g., by ocean currents, Troussellier et al., 2017) due to their restricted ability to move large distances. Marine host-associated microbes can be dispersed either with a mobile host or separate from the host in the water column. High dispersal rates can decrease the difference between microbiomes in different locations, reducing spatial structure through homogenizing dispersal, while low dispersal rates, interacting with other processes such as drift and selection, can increase differentiation between locations, known as dispersal limitation (Stegen et al., 2013, 2015). Oceanographic barriers (e.g., fronts) influence dispersal ability of marine microbes (Martiny et al., 2006). Diversification involves new genetic variation arising from mutations, which for bacteria includes horizontal gene transfer and recombination in general. Diversification typically affects the species pool over large spatial and temporal scales, although evolution through mutation can be much faster, and even actively promoted, within microbial communities (Rensing et al., 2002; Vellend, 2010; Nemergut et al., 2013; Zhou and Ning, 2017). The fourth process, drift, is due to random fluctuations in abundance, which is more important when the community is small and other processes (e.g., selection) are weak (Chase and Myers, 2011; Zhou and Ning, 2017). Ecological drift, however, requires individuals of different species to be demographically identical, which is extremely unlikely (Vellend, 2010). The interaction of these four processes determines whether host-associated microbiomes are spatially structured.

Many studies have examined the spatial structure of marine host-associated microbiomes, mostly within a single or a few related species. This approach has left a knowledge gap as to whether host-associated microbiomes are influenced by host taxonomy, species traits or study design (e.g., tissue sampled, spatial separation of samples, and sequencing method). First, we describe the ecological processes structuring marine host-associated microbiomes. We then compile the results from the studies to date to identify if spatially structured microbiomes are more prevalent in (i) certain taxonomic groups (e.g., fish, corals, sponges, and marine mammals), (ii) species with certain traits (mobile or sessile species), (iii) certain host tissues, (iv) studies with a broader spatial scale of sampling, or (v) studies using high-throughput DNA sequencing compared to non-sequencing approaches (e.g., DGGE/TRFLP). Factors known to influence host-associated microbiomes of fish, coral, sponge, and marine mammals are described. Based on these findings, we provide recommendations for future studies of marine host-associated microbiomes.



MATERIALS AND METHODS

We searched the scientific literature for studies that examined marine host-associated microbiomes for one or more species in multiple locations, and tested for significant differences between locations for individual species. Initially papers were chosen based on our knowledge of the literature, as well as papers cited in or citing the most relevant papers. We also used Google Scholar and Scopus to find papers with the keywords “microbiome,” “biogeography,” and/or “spatial structure” as well as each of the key taxonomic groups (“coral,” “fish,” “sponge,” “whale,” and “dolphin” etc.). Studies with only one sampling site, or with only two samples per site (hence low statistical power), or no species-specific data were excluded from our analysis. For each host species, we scored the presence or absence (1 or 0) of statistically significant microbiome spatial structure, with a P-value threshold of 0.05. One species where the skin microbiome showed spatial structure but the gut microbiome did not (the fish Elacatinus prochilos) was scored as 0.5 for presence and 0.5 for absence. Additionally, we noted the taxonomy and mobility of the host species, the tissue type examined, the number of locations and individuals sampled, the maximum geographic distance between sites and whether high-throughput sequencing was used to characterize the microbiome.



RESULTS


Taxonomy and Species Traits

We found 28 papers (representing 38 species) that examined marine host-associated microbiomes for one or more species in multiple locations, and tested for significant differences between locations for individual species. Spatially structured microbiomes were detected in the majority of species studied (28.5 species, 75%). Within taxonomic groups, spatial structure was detected in all coral and marine mammal microbiomes, but was less common in fish (69%) and sponges (46%, Figure 1A). Different species within a genus did not necessarily show the same pattern. For example, the sponges Ircinia strobilina (Pita et al., 2013a) and I. campana (Griffiths et al., 2019) both showed spatially structured microbiomes, but I. felix (Pita et al., 2013a), I. fasciculata, I. variabilis and I. oros did not (Pita et al., 2013b; Table 1). Studies on sessile species showed 70% spatially structured microbiomes, while mobile species showed 84% spatially structured microbiomes (Figure 1B).
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FIGURE 1. Relationship between detecting presence or absence of species’ microbiome spatial structure and (A) taxonomic group, (B) species traits (mobile vs. sessile species), (C) host tissue sampled (internal vs. external), (D) maximum distance between sampled individuals, (E) number of locations sampled, and (F) analysis method (high-throughput sequencing (HTS) and others). Three species’ microbiomes were tested for more than one tissue type; for example one species where the skin microbiome showed spatial structure but the gut microbiome did not (the fish Elacatinus prochilos) 0.5 was scored for presence and 0.5 for absence.



TABLE 1. Data on presence or absence of spatial structure in marine host-associated microbiomes for 38 species extracted from 28 research papers.
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Study Design

We examined whether the microbiome of internal (e.g., gut and coral skeleton) or external (e.g., skin and coral mucus) host tissues were more likely to show spatial structure. Spatial structure was detected in all external microbiomes, in comparison to 67% of internal microbiomes (Figure 1C). Sponges were excluded from this analysis due to issues differentiating between external and internal tissue, as well as coral species where tissue sample type was not specified.

We examined whether the maximum distance between sampled individuals influenced the chance of detecting a spatially structured microbiome. Spatially structured microbiomes were most likely to be detected in studies over the largest spatial scales (>1000 km, 87%, Figure 1D). Interestingly, the next highest proportion was for studies covering <100 km (79% presence). These results suggest detection of spatially structured microbiomes was not dependent on the spatial scale of the study. However, spatially structured microbiomes were detected in all nine species where seven or more locations were sampled, suggesting the number of sites sampled influences the chance of detecting spatial structure (Figure 1E).

Studies using high-throughput DNA sequencing were more likely to detect spatial structure than non-sequencing methods such as terminal restriction fragment length polymorphism (TRFLP) or denaturing gradient gel electrophoresis (DGGE) (81% vs. 55%, Figure 1F). This difference in detection may reflect lack of resolution for TRFLP and DGGE, as these methods are not able to detect species below 1% of the community composition (Muyzer et al., 1993; Taylor et al., 2007).



Fish

Fish microbiome research has primarily focused on commercial and farmed fish species (reviewed by Legrand et al., 2019), with most studying the bacterial microbiome of the skin and the gut (Table 1). The fish gut microbiome is related to their food sources and trophic level (Egerton et al., 2018). The absence of spatial structure in the Atlantic cod gut microbiome suggests colonization by a limited number of bacterial species (Riiser et al., 2019), and may reflect similar food sources across their distribution. The skin, on the other hand, is strongly influenced by both host and environmental factors (Larsen et al., 2013; Xavier et al., 2019). Both location and seasonal environmental changes significantly influence fish skin microbiomes (Larsen et al., 2013). The strong interaction between these two factors makes it difficult to distinguish the importance of each parameter separately. Interestingly, a reciprocal transplant experiment showed Atlantic salmon skin and gut microbiomes are strongly influenced by environmental conditions, but that developmental history also influences microbiome structure (Uren Webster et al., 2019). Similarly, returning adult Atlantic salmon in Canadian and Irish sites shared similar gut microbiomes to oceanic adult salmon from Greenland, but adult microbiomes were distinct from those of juvenile freshwater life stages (Llewellyn et al., 2015). The anadromous life history of salmon highlights the impact of environment, developmental stage, and diet on fish gut microbiomes. Lab experiments showed that interhost dispersal can overwhelm host genotype in (freshwater) zebrafish gut microbiomes, demonstrating the importance of metacommunity dynamics (Burns et al., 2017). Although the experiment was performed in much smaller volumes than experienced by marine fish, interhost dispersal may be important for schooling fish species.



Corals

Coral microbiomes gained a lot of interest over the last few years in regard to their influence on host fitness and survival in the face of ongoing environmental changes [e.g., ocean warming, reviewed by van Oppen and Blackall (2019)]. Coral microbiomes consist of three essential elements (1) a conserved core microbiome, (2) regional bacteria specific to the geographic area, and (3) a set of environmentally variable bacteria (Hernandez-Agreda et al., 2016; Kellogg et al., 2017; van de Water et al., 2017).

The coral microbial community changes across anatomy and therefore the coral tissue sampled affects the likelihood of detecting a spatially structured microbiome (Pollock et al., 2018). Pollock et al. (2018) investigated the microbial community differences between skeleton, mucus, and tissue in 36 coral species over 21 sites. The mucus was strongly influenced by environmental factors, while the skeleton microbiome was the most diverse and most likely to show phylogenetic structure, reflecting the influence of host traits. The influence of phylosymbiosis, defined as “microbial community relationships that recapitulate the phylogeny of their host” (Brucker and Bordenstein, 2013), was higher than regional dispersal or environmental heterogeneity and differed across anatomy, being stronger in the skeleton than in tissue or mucus (Pollock et al., 2018; Dunphy et al., 2019). Regarding the prevalence of spatial structure, Pollock et al. (2018) showed that the external mucus microbiome is 1.15-fold more influenced by collection site than coral tissue and 1.28-fold more than skeleton communities (Pollock et al., 2018). This differences in spatial structuring across anatomy is also observed in the krill Euphausia superba, where the exoskeleton (moult) microbiome showed stronger spatial structuring than the gut microbiome (Clarke et al., 2019).

The reproductive mode of corals also appears to influence spatial structuring of their microbiomes. Neave et al. (2016) showed the microbiome of the brooding species Stylophora pistillata is strongly spatially structured, whereas the microbiome of the broadcast spawning Pocillopora verrucosa has a much weaker spatial structure. As a brooder, S. pistillata uses vertical transmission to control the larval microbiome, resulting in a high structuring due to the location (Hall and Hughes, 1996; Shlesinger et al., 1998; Sharp et al., 2011; Neave et al., 2016). In contrast, the sterile larvae of P. verrucosa gain microbes from seawater resulting in a weak spatial structuring (Sharp et al., 2010; Ceh et al., 2013; Pinzón et al., 2013; Neave et al., 2016).

The spatial structure of coral microbiomes could be influenced by regional processes including dispersal limitation and spatiotemporal environmental heterogeneity even at small spatial distances (Dunphy et al., 2019). Nevertheless, these spatial differences are limited in comparison to differences between coral genera or species (Dunphy et al., 2019).



Sponges

The microbiome of sponges can contribute up to 35% of their entire mass, with the diversity and core functions of the sponge microbiome reviewed by Pita et al. (2018). Due to its filter-feeding activity, sponges have a diverse and abundant microbial community, approximately three to four times greater than surrounding seawater (Taylor et al., 2007; Hentschel et al., 2012), with most microbial organisms inhabiting the sponge mesophyll tissue (Hentschel et al., 2012). The bacterial community among sponges is widely thought to be a result of both vertical and horizontal transmission (Taylor et al., 2007; Sipkema et al., 2015).

Approximately half the sponge species studied to date show spatially structured microbiomes. Most sponge microbiome studies that did not detect spatial structure (5/7) used non-sequencing based methods (Table 1). Other studies found differences in occurrence of spatial structure not only within but also between different genera (Lee et al., 2009; Pita et al., 2013a; Reveillaud et al., 2014). These studies were carried out over spatial scales from 10 km (Lee et al., 2009) to over 4000 km (Luter et al., 2015). Nevertheless, there was no clear influential pattern of this factor. For example, Griffiths et al. (2019) reported spatial structure within 70 kilometers (Ircinia campana), while Pita et al. (2013b) found no spatial structure at 80 up to 800 km in congeneric species (I. fasciculata, I. variabilis, and I. oros).

The sponge microbiome is also influenced by the host’s innate immune system and metabolism strongly due to the production of both antimicrobial compounds and nutrients (Müller and Müller, 2003; Wiens et al., 2006; Gauthier et al., 2010; Srivastava et al., 2010; Blunt et al., 2011; Hentschel et al., 2012). The sponge host can thus exert selection pressure on its microbiome at an individual level (Sipkema et al., 2015).



Marine Mammals

The three studies of spatial structuring of marine mammal microbiomes (all examining the skin microbiome), all showed significant spatial structure (Bierlich et al., 2018; Grosser et al., 2019; Hooper et al., 2019).

Several factors influence marine mammal microbial diversity, including horizontal transmission of bacteria due to social interactions (Hooper et al., 2019), or vertical transmission between mother and offspring resulting in similar microbial patterns between them (Grosser et al., 2019). Additionally, there are complex interactions between environmental and host genetic effects (Grosser et al., 2019). Grosser et al. (2019) found no significant influence on Antarctic fur seal microbial community structure of age, gender, or the proximity of mother to their offspring, as well as no relationship between microbial similarity and host genetic traits. However, humpback microbial diversity is affected by seasonal change and foraging even at the core microbiome level (Bierlich et al., 2018).



CONCLUSION

We have shown that 75% of marine species studied to date show spatially structured microbiomes, with the proportion increasing to more than 80% when restricted to studies using modern high-throughput sequencing technology. These results suggest spatially structured microbiomes are common in marine taxa, with absence of spatial structure the exception. Although less than 50% of sponge microbiomes were spatially structured, most sponge microbiome studies that did not detect spatial structure (5/7) used non-sequencing based methods. Given the connection between the microbiome and host health, future studies should investigate whether microbiome variations between locations affect host fitness. We are unaware of similar quantitative reviews for freshwater or terrestrial host-associated microbiomes. Future studies along these lines would demonstrate whether spatially structured host-associated microbiomes are common in all environments, and whether the increased prevalence of spatial structure in external microbiomes is a general rule. Future studies should aim for a high taxonomic resolution of the microbial β-diversity and distinguish between effects of environment and the respective host. High-throughput sequencing is recommended for studying marine host-associated microbiomes due to better taxonomic resolution compared to other methods (e.g., DGGE/TRFLP). We also recommend researchers test the statistical power of their study design (number of sites, samples and sequencing depth) using tools especially developed for microbiome studies (e.g., Kelly et al., 2015).

Geographic distance alone is likely not generating differences in marine host-associated microbiomes, but acting in concert with environmental or host factors. Future biogeographical studies of host-associated microbiomes should therefore aim to distinguish between effects of environment and the host. The influence of host effects require data about the host itself, such as size, age or developmental stage, and genotype (e.g., Pollock et al., 2018). The influence of environment on host-associated microbiomes can be examined by measuring environmental variables (e.g., temperature, salinity, pH, depth, chlorophyll a), and helps to unravel the extent to which environmental and spatial variability are confounded. We recommend researchers collect extensive metadata to facilitate these analyses [e.g., the MIMARKS (Minimum Information about a Marker gene Sequence) checklist, Yilmaz et al., 2011]. However, a more direct test is to sample the relevant environmental microbiome (e.g., seawater, sediment, or biofilm bacterial communities) and compare variation in the environmental microbiome to that observed in the host (e.g., Fietz et al., 2018). We did not explicitly examine the effect of environmental variability in this review given the difficulty of generalizing across studies, and the inclusion of mobile species like fish and marine mammals that can traverse large environmental gradients. Future review studies could explore relationships between environmental and microbiome variability, particularly for sessile species, taking into account temporal variability in both the environment and microbiome.

The relative importance of selection, dispersal, diversification and drift on structuring host-associated microbiomes needs further investigation. For example, the selective influence of various environmental and host parameters can be tested as in Pollock et al. (2018) by analyzing factors affecting the microbial composition (e.g., host species, typical growth form, geographic region, and light availability). Additionally, aquarium experiments allow environmental conditions to be tightly controlled, and can also be used to control interhost dispersal (Burns et al., 2017). Furthermore, microbial phylogenetic approaches can give further information about the host-associated microbiome pattern and its processes (Pollock et al., 2018). Null modeling approaches developed by Stegen et al. (2013, 2015) allow the relative contributions of variable selection, homogenizing selection, dispersal limitation, and homogenizing dispersal in shaping host-associated microbiomes to be estimated. Yan et al. (2016) used this approach to show shifts in the processes shaping fish gut microbiomes during development. Combining estimates of the importance of selection with environmental and host data could be used to test whether host or environmental factors drive selection in marine host-associated microbiomes.
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Captivity maybe the only choice for survival of many endangered vertebrates, and understanding its broad effects is important for animal management and conservation, including breeding endangered species for subsequent release. Extreme environmental changes during captivity may influence survival ability in the wild. Captivity decreases gut bacterial diversity in a wide range of animals. However, most studies directly compare animals living in captivity with those in the wild, and there is a lack of understanding of effects of gradient shift in lifestyle during species reintroduction based on the soft-release strategy, which involves a confinement period in a field enclosure. Here, we used 16S rRNA amplicon sequencing to analyze gut microbiomes of 11 captive and 12 semi-wild Przewalski’s horses (PH; Equus ferus przewalskii) under the same captivity environment, using fecal samples. A subset of samples with abundant extracted DNA (including 3 captive and 3 semi-wild individuals) was selected for whole-genome shotgun sequencing. We found that community diversity did not differ between the semi-wild PH and captive PH, but the semi-wild PH had significantly higher bacterial richness than those in captivity. Relative abundances of all dominant phyla were similar across the semi-wild or captive horses, while those of the non-dominant phyla Tenericutes and Proteobacteria were significantly higher in semi-wild PH than in captive PH. Beta diversity results indicated that bacterial communities of captives and semi-wild horses were clearly separated distinct when considering only composition. Functional profiling of the microbiomes revealed that the semi-wild and captive gut microbiomes were largely similar. However, semi-wild horse microbiomes had higher abundance of bacterial genes related to core metabolic processes, such as carbohydrates, amino acids, and nucleic acid metabolism. The study revealed that semi-wild PH could retain specific non-dominant bacteria and harbor a more diverse microbiome than the captive counterpart, and thus have higher metabolic potential to utilize the complex plants efficiently. These results indicate that change in host lifestyle may play a role in microbiome differentiation in the process of reintroduction, suggesting that a short period of time in captivity is acceptable for PH from the perspective of maintaining the richness of intestinal bacterial flora to some extent.
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INTRODUCTION

The Przewalski’s horse (PH; Equus ferus przewalskii) is classified as an endangered species in the IUCN Red List (King et al., 2015). PHs are important in culture and biodiversity conservation as they have a unique adaptive evolutionary history, which is different from that of domestic horses (Oakenfull et al., 2000; Gaunitz et al., 2018). Captive breeding, one of the primary methods used to conserve rapidly declining species (Conde et al., 2011), played a major role in the recovery of PHs whose threat level was reduced from extinct in the wild to endangered (Conde et al., 2011). It has been projected that the global decline in biodiversity is leading to a mass extinction event (Barnosky et al., 2011). Captive breeding maybe the only short-term choice for survival of many endangered vertebrates (Conway, 2015).

However, maintaining and releasing captive populations can be challenging because captive environments are very different from those of the wild, which can impose multiple selection pressures, causing phenotypic plasticity and genetic adaptation (Schulte-Hostedde and Mastromonaco, 2015). Particularly, reintroduced animals may face a high extinction risk when released into sites with harsh and unpredictable environments. For example, the Great Gobi B Strictly Protected Area in Mongolia lost on average 60% of PHs during the severe winter of 2009/2010 (Kaczensky et al., 2011). To enhance the ability of a founder group to settle during release, soft release strategies, wherein animals experience a period of confinement at the release site, are regularly used for animal reintroduction (Clarke et al., 2002; Hardman and Moro, 2006). In Xinjiang, China, the first captive PHs were released into the Kalamaili Nature Reserve (KNR) in 2001 (Chen et al., 2008; Xia et al., 2014). This reserve is located in the northeastern part of the Junggar Basin with a harsh continental-type local climate. The dominant plant species in KNR include shrubs (Haloxylon spp. and Tamarix spp. etc.), forbs (Anabasis spp., Krascheninnikovia spp., Artemisia spp. Etc.), and grasses (mainly Stipa spp. and Carex spp.) (Zhang et al., 2015). Before driven into captivity, Stipa, Pamirian, Artemisia and Anabasis are the major food plant genera of Przewalski’s horses (Meng, 2007). PHs range freely from spring to late fall, and then are driven back into captivity during the severe winters to allow them to adapt to the local environment step by step (Chen et al., 2008; Xia et al., 2014).

Recent studies show that captivity can strongly affect animal microbiomes, reducing symbiotic bacterial diversity and pathogen resistance (Clayton et al., 2016; Li et al., 2017; Mckenzie et al., 2017; Lavoie et al., 2018). Trillions of microbial symbionts inhabit the mammalian gastrointestinal tract, significantly influencing many aspects of host health, including immunity, digestion, and metabolism (Sommer and Backhed, 2013). An altered gut microbiome may have negative effects on health and reproductive output in captive and released populations (Mckenzie et al., 2017; Lavoie et al., 2018). It is suggested that the differences between microbiomes in reintroduced and wild individuals is one of the potential causes for failure of species reintroduction programs (Redford et al., 2012). Therefore, clarifying the effects of captivity on gut bacterial communities has important implications for animal conservation and management. However, little is known about changes in microbial communities in endangered animals during soft-release strategy-based reintroduction processes.

Both host intrinsic factors and environmental factors are associated with the variation in gut bacterial communities (Wang et al., 2018; Knowles et al., 2019). Captive environments are extremely different from those of the wild. Notable changes include restricted diet and reduced range, habitat, cohabitation, and higher exposure to human-associated microbes (Hyde et al., 2016; Mckenzie et al., 2017). Multiple well-controlled animal and human studies have demonstrated that these environmental factors can strongly affect gut microbiome composition (Song et al., 2013; Amato et al., 2015). In particular, diet is a major contributor to gut microbial variation (Muegge et al., 2011; Li et al., 2013; Amato et al., 2015; Carmody et al., 2015). Previous studies have revealed a decreased bacterial diversity in captive PH, which is likely due to shift in diet (Li et al., 2019). A key issue, then, is whether the hosts have the ability to retain diverse bacteria when confined for a short-term.

One obstacle to a better understanding of the effects of captivity on gut microbiome variation is the numerous potential factors that could explain naturally occurring patterns. In most comparative studies, captive and wild members of a species often live in different habitats. For example, previous studies showed that gut bacteria in PH form a distinct, more diverse community than those in domestic horses (Mckenzie et al., 2017; Metcalf et al., 2017) and captive PH (Li et al., 2019), but the influence of environmental change (e.g., diet) was not excluded. Thus, these studies could not determine whether the reduced bacterial diversity in captivity is due to decreased contact with varying diets and environmental substrates (e.g., soil and aquatic systems) that can transmit transient bacteria (Kohl and Dearing, 2014; Mckenzie et al., 2017) or changes in host physiology under captivity. Contrasting results have been found when this has been examined. For example, wild-caught rodents have been shown to retain a substantial proportion of their preexisting gut bacteria after being brought back into captivity (Kohl and Dearing, 2014). In contrast, reduced diversity of intestinal bacterial community was observed in the Atlantic cod after entering captivity (Dhanasiri et al., 2010).

Given that the gut microbiome plays an important role in an animal’s health and has the potential to improve the success rate of reintroduction programs under soft-release strategy, it is important to explore the microbiomes of the wild animals undergoing short-term confined rearing. In the current study, captive and semi-wild populations of PH under the same diet were compared via fecal 16S amplicon sequencing and shotgun sequencing.



MATERIALS AND METHODS


Sample Collection

The experiment employed 12 captive (six male and six female) and 11 semi-wild (six male and five female) PHs; fecal samples were collected from these animals during December 11–24, 2017, when they were both in captivity. Captive PHs were maintained for the full year in stalls at the Xinjiang Uygur Autonomous Region Wild Horse Breeding Research Center (WHBRC), located in Jimsar County, Changji City, Xinjiang, China (44°12′12″N, 88°44′26″E). Semi-wild PHs were kept in separate stalls only in winter from first snow (usually in November) to next March near the KNR field station, in northeastern Junggar Basin, Xinjiang (45°14′10.58N″, E89°2′42.38″). The semi-wild horses had been in the captivity more than 20 days before the samples were collected. The two sites are about 150 km apart (Xia et al., 2014). Alfalfa and water were available daily for both populations during sampling or since 20 days before sampling. Average temperature during the sample period was −14 ± 6°C. Fresh fecal samples were collected and labeled. Within 30 min of collection, samples were sent to the laboratory for DNA extraction.

This study was carried out in accordance with the guideline of the Institution of Animal Care and the Ethics Committee of Beijing Forestry University. Fecal sample collection was approved by the WHBRC and KNR.



DNA Extraction

DNA was extracted from fresh samples using the Qiagen fast stool mini kit (QIAGEN Sciences, United States) following the standard protocol, with some modifications. Specifically, 0.25 g silicon beads (MOBIO Laboratories, Carlsbad, CA, United States) were added into sample tubes and vortexed vigorously (Scientific Industry, Vortex Genie 2) for 3 min at the highest speed.



16S rRNA Genes Amplicon Sequencing and Bioinformatics Analysis

The V3–V4 region of bacterial 16S RNA was amplified from all the 23 samples using 515F/806R primers (Caporaso et al., 2011). The reaction volume was 25 μl with 1 μl template DNA, 12.5 μl taq master mix, 1 μl each of 5 μM forward and reverse primers and 9.5 μl DNase-free sterile water (CoWin Biosciences, CN). Thermocycling conditions were as follows: 95°C for 30 s; 30 cycles of 95°C for 30 s, 55°C for 30 s, 72°C for 45 s; and 72°C for 10 min. All PCR products were visualized using agarose gels (1% in TAE buffer) stained with Gel green (Biotium, United States), and purified with DNA gel extraction kit (Axygen, CN). QuantiFluorTM-ST fluorescent quantitative system (Promega, United States) were used to determine the DNA concentration of each PCR product. Amplicons were pooled in equal amounts and sequenced on an Illumina MiSeq 250 sequencing platform (Illumina, Inc., San Diego, CA, United States) at Majorbio Bio-pharm Technology Corporation, Shanghai, China. All raw sequences of 16S rRNA gene dataset obtained during this study were submitted to the NCBI Sequence Read Archive (accession number PRJNA558670).

Sequences were pre-processed using Fastp (version 0.20.0) (Chen et al., 2018) following criteria: the reads were truncated when the average quality score was less than 20 over a 50 bp sliding window and all trimmed reads shorter than 50 bp were discarded. Next, paired reads were merged into one sequence by Flash (version 1.2.11) (Magoc and Salzberg, 2011), with a minimum overlap length of 10 bp. All sequences were grouped into operational taxonomic units (OTUs) using the clustering program UCLUST (version 1.2.22) (Edgar, 2010) against the SILVA database pre-clustered at 97% sequence identity. The resulting OTUs were classified to different levels (phylum, class, order, family, and genus) using the Ribosomal Database Program (RDP).



Metagenomic Shotgun Sequencing and Data Processing

Shotgun metagenomic sequencing was conducted on the same DNA extracts that were used for the 16S rRNA analyses. Six samples (including three captive individuals, and three semi-wild individuals) with high DNA quality were selected. DNA from these samples was sheared into fragments using the CovarisTM S220 System (Applied Biosystems, CA, United States). One metagenomic library was constructed for each fecal sample following a standard protocol from Illumina, and 150-bp paired-end reads were obtained using Illumina NovaSeq 6000 with insert sizes of 350 bp at Novogene Bioinformatics Institute (CN). The metagenomic datasets were submitted to the Genome Sequence Archive1 in BIG Data Center (Nucleic Acids Res 2019), Beijing Institute of Genomics, Chinese Academy of Sciences, under project PRJCA002018 (CRA002194).

All of the raw sequences were quality-filtered by using Fastp (version 0.19.6) (Chen et al., 2018), whereby the adapters were trimmed and the reads with length shorter than 50 bp and average quality score <20 were removed. Reads that aligned to the PH genome (GenBank accession No. GCA_000696695.1) were also removed using BWA (Li and Durbin, 2009). The clean reads were assembled using Megahit (version 1.1.2) (Li et al., 2015) with contig length more than 300 bp. A non-redundant gene catalog was constructed with CD-HIT (Fu et al., 2012) using a sequence identity cut-off of 0.9, and a coverage cut-off of 0.9 for the shorter sequences. The abundance profiles of the genes in each sample were determined by blasting high quality reads to non-redundant gene catalog with 95% identity with SOAPaligner software (Li et al., 2009). Functional genes in fecal microbiomes were annotated by mapping them against the COG (Tatusov et al., 2003) and KEGG (Kyoto Encyclopedia of Genes and Genomes) (Kanehisa and Goto, 2000) using Diamond (version 0.8.35) (Buchfink et al., 2014) (blastp searches, e-value ≤ 1e-5).



Statistical Analysis

Alpha and beta diversity were calculated to determine the diversity and composition of the bacterial communities in the samples. Alpha diversity indices (Ace, Chao, Simpson, and Shannon), which were calculated in QIIME (version 1.9.1) (Caporaso et al., 2010), represent bacterial community richness and diversity. Beta diversity reflects differences in bacterial communities between two populations and was calculated using weighted and unweighted UniFrac distance metric (Hamady et al., 2009). A one-way analysis of similarity (ANOSIM) was used to determine between-group differences in bacterial communities. Taxa that explained these differences were identified with linear discriminant analysis (LDA) effect size (LefSe). Discriminative functional biomarkers were established based on a size-effect threshold of 3.0 on the logarithmic LDA score. Comparative functional profiling was conducted using STAMP (version 2.0.8) (Parks et al., 2014). Student’s t-test was used to determine significant differences (P-value < 0.05) in microbial communities and the functional compositions between semi-wild and captive horse fecal samples. P-values were adjusted for multiple comparisons using the false discovery rate (Benjamini and Hochberg, 1995).



RESULTS


Sequence Statistics

We obtained 1,207,753 (52511 ± 15959) high-quality sequences corresponding to 16S from the 23 PH samples (Supplementary Table S1). Rarefaction curves revealed that the number of observed OTUs increased with sequencing depth (Figure 1). The number of OTUs detected per sample was sufficient for further analysis, as indicated by the plateauing rarefaction curves (Figure 1). The six metagenomic samples each had an average of 86,266,240 paired-end reads (Supplementary Table S2). A total of 4,962,232 genes were cataloged into a non-redundant gene catalog.
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FIGURE 1. Rarefaction curves of operational taxonomic units (OTUs). The x-axis shows the number of reads sampled and the y-axis shows the observed OTUs. As the sequencing depth increases, the number of OTUs also increases. Each curve represents a sample.




Differences in Bacterial Community Diversity and Composition Between Semi-Wild and Captive PH

A total of 2489 OTUs were identified at 97% sequence similarity for the 16S rRNA gene datasets. These OTUs were classified into 20 phyla, 36 classes, 61 orders, 93 families, and 219 genera. Sobs (semi-wild 1724.36 ± 141.00; captive 1528.50 ± 362.41), Ace (semi-wild: 1944.89 ± 111.60; captive: 1698.76 ± 258.95) and Chao (semi-wild: 1962.57 ± 108.60; captive: 1717.82 ± 259.45) indices differed significantly between semi-wild and captive PH. Simpson (semi-wild: 0.0068 ± 0.0030; captive: 0.01 ± 0.0043) and Shannon (semi-wild: 6.07 ± 0.38; captive: 5.82 ± 0.38) indices did not differ significantly between populations (Table 1).


TABLE 1. Alpha diversity indexes of gut microbiome between semi-wild and captive Przewalski horse.

[image: Table 1]The NMDS plot showed that samples clustered clearly by population based on the unweighted UniFrac distance metric (Figure 2A). ANOSIM results revealed significant differences in bacterial communities between semi-wild and captive PH (R = 0.61, P < 0.01; Figure 2C). However, the samples were clustered together based on weighted UniFrac method (Figure 2B), and ANOSIM results revealed only minor differences between wild and captive PH (R = 0.15, P < 0.01; Figure 2D).
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FIGURE 2. NMDS and ANOSIM Analysis. Red dots represent semi-wild Przewalski’s horses samples, and blue triangles represent captive Przewalski’s horses samples. NMDS analysis of samples representing the OTU community composition of intestinal microbiome in semi-wild and captive Przewalski’s horses. (A) was generated with unweighted UniFrac distance while (B) used weighted UniFrac distance. Stress lower than 0.2 indicates that the NMDS analysis is reliable. ANOSIM Analysis box showing the inter-group and intra-group beta distance between semi-wild and captive Przewalski’s horses. (C) was generated with unweighted UniFrac distance while (D) used weighted UniFrac distance. R-value range (0,1). R-value close to 0 represents no significant between inter-group and intra-group differences. R-value close to 1 shows that inter-group differences are greater than intra-group differences. P-value < 0.05 reflects significance of the R statistic.


At the phylum level, Bacteroidetes (semi-wild 0.35 ± 0.04, captive 0.40 ± 0.09), Firmicutes (semi-wild 0.35 ± 0.09, captive 0.33 ± 0.07), Verrucomicrobia (semi-wild 0.08 ± 0.07, captive 0.10 ± 0.04), and Spirochaetae (semi-wild 0.07 ± 0.03, captive 0.07 ± 0.03) were the dominant bacteria (>86.99% of sequences) in both semi-wild and captive PHs (Figure 3). Other phyla included Fibrobacteres (semi-wild 0.04 ± 0.06, captive 0.03 ± 0.03), Proteobacteria (semi-wild 0.05 ± 0.02, captive 0.03 ± 0.02), Tenericutes (semi-wild 0.03 ± 0.02, captive 0.02 ± 0.01), and Cyanobacteria (semi-wild 0.01 ± 0.01, captive 0.02 ± 0.01) (Figure 4). Only 0.069 and 0.12% of sequences were unclassified at the phylum level for semi-wild and captive PHs, respectively. Additionally, at genus level the microbiomes were largely similar.
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FIGURE 3. Microbial community composition. The y-axis represents groups and the x-axis represents relative abundance. (A) Relative abundance at phylum level. (B) Relative abundance at genus level; The taxa that have relative abundance less than 0.01 were combined as “others”.
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FIGURE 4. Relative abundance of bacterial phyla. Boxes represent the interquartile range (IQR) between the first and third quartiles (25th and 75th percentiles, respectively), and the horizontal line inside the box defines the median. Whiskers represent the lowest and highest values within 1.5 times the IQR from the first and third quartiles, respectively. “○” indicate outliers (greater than 1.5 times and less than three times the IQR).


LEfSe analyses identified 46 bacterial taxa that explained the differences between the two groups (Figure 5A). Semi-wild PHs had significantly more Tenericutes (P = 0.049, LDA = 3.94) and Proteobacteria (P = 0.036, LDA = 3.88) than captive PHs (Figure 5B). Likewise, the semi-wild population possessed significantly more differentially abundant genera, including Ruminococcaceae_NK4A214_group (P = 0.002, LDA = 3.65), Anaeroplasma (P = 0.004, LDA = 3.49), and Lachnospiraceae_UCG-009 (P = 0.0009, LDA = 3.18). However, genera Ruminococcus_1 (P = 0.0007, LDA = 3.87), Prevotella_1 (P = 0.006, LDA = 3.55), and Ruminococcaceae_UCG_005 (P = 0.03, LDA = 3.36) were more abundant in captive PHs than in semi-wild PHs. Although the semi-wild and captive populations shared many species, there were 26 species unique to the semi-wild population and six species unique to the captive population (Figure 6).
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FIGURE 5. LefSe analysis. The cladogram shows the microbial taxa with significant differences between semi-wild (red) and captive Przewalski’s horses (blue). (A) Taxonomic hierarchies were arranged from the inside to the outside (from genus to phylum) in the cladogram. Red and blue notes represent differentially abundant taxa between groups. Yellow nodes represent taxa with no significant difference. (B) OTUs with significant difference that have an LDA score > the threshold value of 3. Letters in front of OTUs represent taxonomic level (p, phylum; c, class; o, order; f, family; g, genus).
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FIGURE 6. The Venn diagrams (A) show the numbers of species (97% sequence identity) that were shared/not shared by semi-wild and captive Przewalski’s horses. Pie charts show the numbers of species that were unique in semi-wild (B) and captive Przewalski’s horses (C).




Functional Analysis of the Metagenomes

Shotgun metagenomic data were functionally characterized and the abundances of genes related to various KEGG pathways are shown in Figure 7. Statistical tests were conducted to investigate the differences in the abundances of genes related to various COG (level 2) and KEGG (level 2) categories (Figure 8) between the captive and semi-wild horses. This showed only few categories displayed significant differences (P-value < 0.05) but small fold change (<1.2X) in abundance between the two groups. Significantly higher proportions of genes affiliated to “Carbohydrate transport and metabolism,” “Energy production and conversion,” “Secondary metabolites biosynthesis, transport and catabolism,” “Drug resistance: Antimicrobial,” and “Metabolism of terpenoids and polyketides” were found in semi-wild PH. In contrast, only genes related to “Cell growth and death” was significantly enriched in the captive PH.
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FIGURE 7. Distribution of relative abundance (normalized to the total reads for each group) for KEGG pathways (level 2) categories present in the microbial metagenome of all samples of the Przewalski’s horse. Only categories with an abundance of at least 50 are shown.
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FIGURE 8. The bar plots show relative abundance (normalized to the total reads for each group) of COG categories (level function) (A) and KEGG pathways (level 2 function) (B) for the microbial metagenome of the semi-wild and captive groups. The difference between two groups is identified by STAMP software using Student’s t-test. *p < 0.05, **p < 0.01 and ***p < 0.001.


Although few categories showed significant difference, in general, there was a higher abundance of genes related to core metabolic functions (e.g., carbohydrate, amino acid, nucleotide, and lipid metabolism) and those related to genetic information processing (e.g., RNA translation, DNA replication and repair) in semi-wild PH. On the other hand, the genes related to pathways such as “Folding, sorting and degradation,” “Signal transduction,” “Endocrine system” were detected at slightly lower proportions in the semi-wild group compared to the captive group (Figure 8).



DISCUSSION

Here, we successfully characterized and compared the microbiomes of two PH populations to determine whether captivity alters microbiomes. We observed that semi-wild PHs had significantly higher bacterial OTU richness than captive PHs. However, community diversity (based on Shannon/Simpson indices) did not exhibit significant between-group variation. Differences in bacterial OTU richness between the captive and wild animals have also been observed in rodents and canids (Kohl and Dearing, 2014; Mckenzie et al., 2017). Here, we consistently observed lower richness in gut microbial community of the captive population than that of the semi-wild population, despite under the same captive environment. This result indicates that long-term captivity might has a lasting effect on PH gut microbial communities.

We observed more OTUs than reported by the previous study in the same area (Li et al., 2019), which may be the result of the different DNA extraction method. Unlike the previous study, we extracted DNA from the fresh sample directly and hence have likely avoided the potential bias caused by storage. The UPGMA clustering analysis based on the unweighted UniFrac method, which considers species presence/absent, showed a significant between-group variation in the gut microbiome composition (Figure 2A). However, when the analysis was based on a weighted UniFrac method, which considers both microbial composition and abundance, samples from the two groups clustered together (Figure 2B). This result indicates that the abundance of dominant microbiome is largely the same between captive PHs and their semi-release counterparts; this could obscure the differences in bacterial composition in terms of rare species. It is well established that dietary factors are amongst the most important factors affecting gut microbial composition (Shanks et al., 2011; Moschen et al., 2012; Bowyer et al., 2018). The difference in composition (based on unweighted UniFrac) is likely due to dietary variation that occurs when PHs are allowed to feed in the wild, indicating that preexisting bacteria in wild PHs may have been retained even after changes in diet.

The predominant bacterial phyla in both populations were Bacteroidetes and Firmicutes. The former degrades carbohydrates and other substances of high molecular weight in intestinal secretions (Thoetkiattikul et al., 2013), and the latter degrades cellulose into short chain fatty acids (Pryde et al., 2002). Our findings corroborated those of studies on domestic horses (Dougal et al., 2014) and other herbivores, such as musk deer (Li et al., 2017) and camel (Samsudin et al., 2011). Significant shifts in bacteria belonging to the phyla Bacteroidetes and/or Firmicutes along the wild to captive axis are widely recognized in mammalian hosts (Kohl and Dearing, 2014; Mckenzie et al., 2017; Metcalf et al., 2017; Pan et al., 2017). The current study showed no significant change in Bacteroidetes and Firmicutes, indicating that the short-term captivity compensated for the difference in these two predominant phyla between the captive and semi-wild states. However, among the non-dominant phyla, Tenericutes (Mollicutes) abundance was significantly higher in semi-wild than in captive PHs, similar to the observation in other species (Guan et al., 2017; Mckenzie et al., 2017). Mollicutes metabolizes sugars as an energy source (Halbedel et al., 2007), but many members cause diseases in their hosts (Christiansen and Birkelund, 1998).

At the genus level, the abundances of Ruminococcus_1 and Ruminococcaceae_UCG_005 were higher in captive PHs, which may be associated with fiber digestion. Higher abundance of Ruminococcus are associated with increased dietary hydrolyzable carbohydrates than with the grass-based diet of the domestic horse (Daly et al., 2011). Ruminococcaceae_UCG-005 was also dominant and had higher abundance in captive sika deer (Guan et al., 2017) and golden takin (Chen et al., 2017). We also observed a significant increase in the relative abundance of Prevotella_1 in domestic horses, which may be associated with high-grain diet and contribute to fiber, carbohydrate, simple sugar, or tannin degradation (Wu et al., 2011; Li et al., 2013) in captive horses (Fernando et al., 2010). Prevotella abundance was similarly elevated in captive monkeys (Hale et al., 2018), but other mammal studies reported conflicting results (Mckenzie et al., 2017). Given the role of diet in shaping the gut microbiome, especially those related to microbial fermentation in horses, the variation in abundance of bacteria under the same diet indicate that the composition of the microbiomes is not influenced by diet passively. Another explanation is that food may have a lasting or delayed effect on the microbiome.

It is not surprising that captivity with artificial forage will change the composition and function of the gut microbiome of the wild animals. The imputed relative abundances of COG and KEGG pathways revealed similarities in functional profiles of captive and semi-wild individuals. However, when compared with captive horses, semi-wild horses microbiome generally harbored slightly higher abundance of genes related to metabolic processes, such as carbohydrates, amino acids, nucleic acid, terpenoids, and polyketides metabolism. These may contribute to adaptive advantages for semi-wild horses, that allow them to utilize the diverse food efficiently even after being driven into captivity. Note, however, that these differences are minor.

Although the overall gut microbiome diversity and structure remained stable between captive and semi-wild PHs, potential zoonotic pathobionts such as Butyricimonas virosa and Chlamydia were only observed in captive horses (Figure 6). This outcome suggests that human interactions or reduction of gut microbiome diversity may contribute to pathogen infection in PHs. Because captive populations are periodically released into the KNR, we cannot ignore the risk of zoonotic pathogens spreading to wild animals. In this study, 46.74% of the sequences of 16s rRNA data were not classified to any known genera, indicating that there are still many unknown bacterial species that need to be identified, which requires further study. Although this study discusses the differences in the microbiomes between two groups of horses that differ in their captivity patterns and provides evidence that short-term captivity is applicable for PH in terms of maintaining microbiome richness to some extent, the mechanisms or processes underlying these observations are unclear, and thus, cross-sectional studies involving longitudinal sampling should be applied in the future.

Overall, the results of our study have demonstrated the effects of short-term captivity in shaping the gut microbiome variation in PH. Although no significant difference in microbiome diversity (based on Shannon/Simpson indices) were recognized between the captive and semi-wild state, PH driven from the wild tend to have a relatively higher bacterial OTU richness and harbor bacteria with greater metabolic functional potential, indicating that environment factors were not the only factors that influenced the bacterial community. Further, although our study is limited to the gut microbiome of horses, it is possible that the soft-release strategy may be acceptable for endangered species from the perspective of maintaining the richness of intestinal bacterial flora. The next important steps in this line of research include long-term individual tracing of PH in the process of release and its potential as a regular surveillance tool acceptable for endangered species reintroduction program.
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Because of the nutritional ecology of dung- and carrion-feeding, bacteria are the integral part of Lucilia sericata life cycle. Nevertheless, the disinfected larvae of the blowfly are applied to treat human chronic wounds in a biosurgery named maggot debridement therapy (MDT). To realize the effects of location/diet on the gut bacteria, to infer the role of bacteria in the blowfly ecology plus in the MDT process, and to disclose bacteria circulating horizontally in and vertically between generations, bacterial communities associated with L. sericata specimens from various sources were investigated using culture-based and culture-independent methods. In total, 265 bacteria, including 20 families, 28 genera, and 40 species, were identified in many sources of the L. sericata. Culture-dependent method identified a number of 144 bacterial isolates, including 21 species, in flies reared in an insectary; specimens were collected from the field, and third-instar larvae retrieved from chronic wounds of patients. Metagenetic approach exposed the occurrences of 121 operational taxonomic units comprising of 32 bacterial species from immature and adult stages of L. sericata. Gammaproteobacteria was distinguished as the dominant class of bacteria by both methods. Bacteria came into the life cycle of L. sericata over the foods and transovarially infected eggs. Enterococcus faecalis, Myroides phaeus, Proteus species, Providencia vermicola, and Serratia marcescens were exchanged among individuals via transstadial transmission. Factors, including diets, feeding status, identification tool, gut compartment, and life stage, governed the bacteria species. Herein, we reemphasized that L. sericata is thoroughly connected to the bacteria both in numerous gut compartments and in different life stages. Among all, transstadially transmitted bacteria are underlined, indicating the lack of antagonistic effect of the larval excretions/secretions on these resident bacteria. While the culture-dependent method generated useful data on the viable aerobic gut bacteria, metagenomic method enabled us to identify bacteria directly from the tissues without any need for cultivation and to facilitate the identification of anaerobic and unculturable bacteria. These findings are planned to pave the way for further research to determine the role of each bacterial species/strain in the insect ecology, as well as in antimicrobial, antibiofilm, anti-inflammatory, and wound healing activities.

Keywords: resident bacteria, blowflies, maggot debridement therapy, forensic entomology, metagenetics, 16S rRNA


INTRODUCTION

Insects are known as multiorganismal animals because they are colonized by numerous microorganisms, especially bacteria, in the intestinal tract. This compartment provides a particular setting for microbial colonization where its inhabitants have easy access to food-related microbes, can consume copious amounts of nutrients, and can be protected against the external disturbances (Douglas, 2015). The microbiota adapting to such environment, the resident bacteria, are quite different from transient ones found in the surrounding environment (Engel and Moran, 2013). These beneficial bacteria can typically improve host fitness through contributing to nutrition, reproduction, tolerance to environmental perturbations, maintenance and/or enhancement of host immune system homeostasis, mucosal barrier fortification, colonization resistance, xenobiotic metabolism, ecological communication, defense, speciation, and pathogen transmission ability (O’Neill et al., 1997; Dillon and Dillon, 2004; Ma et al., 2012; Engel and Moran, 2013; Douglas, 2015; Andongma et al., 2018; Maleki-Ravasan et al., 2015, 2019).

The gut microbiota of insects is affected by both what they consume and where they exist. Lucilia sericata (Meigen) (Diptera: Calliphordidae), a synanthropic blowfly, frequently feeds and breeds on the carrion, open wounds, feces, and garbage to supply large quantities of proteins required for the development of the progeny (Tomberlin et al., 2011; Pezzi et al., 2015; Junqueira et al., 2017). As a holometabolous insect, L. sericata represents four developmental stages in their life cycle, including eggs, three larval instars (L1–L3), pupae, and adults (Pruna et al., 2019). After mating, the adult females lay cluster of ∼200 eggs at a time on decomposing materials (Zumpt, 1965). The microbial volatile organic compounds (MVOCs), as well as semiochemicals from feeding con- and hetero-specific females, are the key modulators of the fly behavior in the attraction or repulsion of the feeding/breeding resources (Ma et al., 2012; Brodie et al., 2015b). The blowflies can potentially modify microbial communities of the breeding matrices to the beneficial ones through both antimicrobial actions of the larvae and residing symbiotic microbiota (Erdmann and Khalil, 1986; Sherman et al., 2000; Čeřovský et al., 2010; Singh et al., 2015). The anatomy of larvae is optimized in such way to uptake large amounts of foods, that is, 25 mg per larvae within 24 h (Mumcuoglu, 2001). Their simple body structure consists of a pair of salivary glands, a very flexible crop, a tripartite gut (foregut, midgut, and hindgut), four Malpighian tubules, liver-like fat body, a simple central nerve ganglion, and tracheal tubes delivering oxygen directly (Mumcuoglu et al., 2001; Boonsriwong et al., 2011; Baumann, 2017). As a consequence of extracorporeal digestion, larvae secrete a plentiful of digestive enzymes (mainly from the salivary glands) into the substrate to predigest the tissue, which is subsequently swallowed back (Andersen et al., 2010; Wilson et al., 2016). The food and bacteria are degraded enzymatically in the alimentary channel, especially in the midgut lacking chitin and glycoproteins (Terra and Ferreira, 1994; Lerch et al., 2003). In this compartment, a physical barrier posed by the peritrophic matrix separates the food bolus from the midgut epithelium, to prevent the abrasion of midgut (Douglas, 2015) and to inhibit bacterial colonization. The engorged bacteria are removed at this point, and nutrients are absorbed into the hemolymph (Andersen et al., 2010). The drainage pipes, Malpighian tubules, sieve excretion products from the hemolymph and combine them with digested food coming from the midgut (Baumann et al., 2017). The final breakdown of excretion products and nutrition uptake take place in the hindgut, and waste materials are excreted over the anus. Accordingly, during the digestion process, the number of bacteria ingested by larvae reduces due to mechanical, enzymatic, and symbiotic activities throughout the digestive tract (Mumcuoglu et al., 2001; Valachova et al., 2014b).

Because of aforesaid nutritional ecology, L. sericata is at the forefront of applied biological sciences. The immature stages are ripened within the decomposing carrion or animal remains, which their developmental data can be exploited for the estimation of the time elapsed since death, denoted as postmortem interval (PMI) in the forensic entomology (Cervantès et al., 2018). Likewise, it is one of the facultative parasites of animals and humans causing wound myiasis worldwide (Francesconi and Lupi, 2012). The controlled therapeutic usage of this kind of myiasis is termed maggot debridement therapy (MDT) (Sherman, 2009). Maggot debridement therapy is currently addressed as biosurgery in which live blowfly larvae are used to cure chronic wounds persistently infected with drug-resistant bacteria (Wollina et al., 2000; Cowan et al., 2013; Bazalinski et al., 2019). The outline of modern MDT was based on the clinical trials conducted in 1990s (Sherman et al., 1995; Fleischmann et al., 2004). Larvae contribute to wound healing process, namely, debridement, disinfection, and regeneration of tissues through the physical contact and release of either fecal waste excretions or salivary gland secretions (ES) containing antimicrobials (Sherman, 2014; Valachova et al., 2014b).

The removal of both necrotic tissue and pathogenic bacteria, called debridement, is a crucial and the best studied stage in the MDT (Sherman, 2014). Larvae debride the wound beds through mechanical activities of mouth hooks or the extracorporeal digestion mediated by proteases and nucleases in the ES (Andersen et al., 2010; Valachova et al., 2014a; Teh et al., 2017). Until now, the occurrence of three classes of proteolytic enzymes, comprising serine proteases, aspartic proteases, and metalloproteases, has been revealed in the maggot ES (Chambers et al., 2003; Alipour et al., 2017). Furthermore, tissue-specific expression of some of these proteases has been determined in the larval body (Franta et al., 2016).

In the disinfection phase, a variety of antimicrobial peptides (AMPs) and small molecules are released to clean up the wound environment (Bexfield et al., 2008; Pöppel et al., 2015). These compounds might be produced either by larvae (Valachova et al., 2014a) or by residing symbionts. A number of 47 AMP genes are encoded by L. sericata, representing the highest amount of AMPs among dipteran species (Pöppel et al., 2015). The production of two antibacterial substances, phenylacetic acid and phenylacetaldehyde, in the blowfly larva of Cochliomyia hominivorax was attributed to a symbiotic bacterium, Proteus mirabilis (Erdmann and Khalil, 1986). In addition, pathogenic microbes are actively picked up by maggots and destroyed within the digestive tract (Mumcuoglu et al., 2001; Valachova et al., 2014b).

The larval ES has exhibited antimicrobial activity against both Gram-positive and Gram-negative bacteria (Bexfield et al., 2008; Yan et al., 2018), as well as against protozoan parasites causing dermal leishmaniasis (Polat et al., 2012; Sanei-Dehkordi et al., 2016). Thus, suppressing the pathogenic microbes on the feeding substrates promotes the larval development and survival (Sherman et al., 2000). Maggots can manage this function via selective antimicrobial activity against pathogenic and symbiotic bacteria (Jaklic et al., 2008). It has been suggested that infected environments could influence the larval antibacterial activity; thus, infected larvae show stronger antibacterial capacities than germ-free larvae (Kawabata et al., 2010). Furthermore, maggot proteases have been displayed to be up-regulated upon immune challenges (Altincicek and Vilcinskas, 2009) and responsible for the inhibition or degradation of bacterial biofilm (Harris et al., 2013).

Maggots induce tissue growth via mechanical and biochemical stimulation of healthy cells. They induce the release of host growth factors and reduce debris and biofilm or microbial loads, which likely decreases inflammation and promotes wound healing (Sherman, 2014). It is thought that the alkalinity of maggot-treated wounds, together with the isolation of urea-containing compounds, for example, allantoin, is responsible for wound healing stimulation (Robinson, 1935; Baumann et al., 2017). Other basic mechanisms of wound healing, including inhibition of complement activation, down-regulation of the C3a/C5a-mediated neutrophil activation, and regulation of MMP-2 and MMP-9 expressions modulated by AP-1 (c-jun), have been taken into account in recent years (Tamura et al., 2017; Tombulturk et al., 2019).

According to the established background, bacteria, especially resident ones, are an integral part of L. sericata life cycle and presumably play an important role in the wound healing process. Diets and breeding environments will also have a great influence on the blowfly gut bacterial profile. Flies are reciprocally dependent on specific bacteria and their metabolic pathways for the growth and development (Zurek et al., 2000; Crooks et al., 2016). Most studies have shown that the best survival rates of flies occur in the unsterilized or mixed bacterial environments (Tomberlin et al., 2017). These considerations that raise several noteworthy inquiries about the potential bacterial groups associated with these biosurgeon flies need to be addressed in detail. To realize the effects of diets and rearing matrices on the gut bacteria, to infer the role of the gut bacteria in the blowfly ecology and to disclose bacteria transmitted horizontally in and vertically between generations, this descriptive cross-sectional study was designed to survey the bacterial communities of L. sericata specimens from different resources.



MATERIALS AND METHODS


Blowfly Colony

For mass rearing, a colony of L. sericata (Garmdarreh strain) was established in the National Insectary of Iran (NII, MVRG), located at the Production and Research Complex of Pasteur Institute of Iran (Karaj), from summer 2009. The adult flies were kept in cages of 50 × 50 × 50 cm at 22.5°C ± 5°C mean temperature, 35 ± 10% relative humidity, and 12 h photoperiodicity. They were provided with cotton balls saturated with 10% sugar solution. New individuals had never been added from field to the colony, but extra-generation breeding was carried out repeatedly. Oviposition substrates, consisting of chicken liver plus sawdust, were introduced to the mated females when needed to extend generations. The eggs were transferred to the maggotarium to continue the life cycle of the blowfly or were externally disinfected to apply in the MDT. Flies from the 400th generation were used for microbiological surveys.



External Disinfection of Blowfly Eggs

To decrease the bacterial load on the L. sericata eggs, Lysol immersion method was applied as described by Brundage et al. (2016). Briefly, freshly deposited eggs (16–18 h old) were immerged in 3% Lysol for 10 min and then rinsed in 10 cc of 70% EtOH and 30 cc of 1% NaOCl. The sterilized eggs were transferred to the blood agar medium and incubated aerobically at 37°C overnight. A number of larvae were allowed to develop in this sterile medium to check their gut bacterial flora.



Culture-Dependent Identification of Bacteria


Sampling

To investigate cultivable gut bacteria, we used three types of fly specimens: samples from NII collections, newly collected samples from the field, and samples retrieved from the MDT of patients.

A total of 26 specimens were selected from the NII to investigate their microbiota. The specimens included two larval and adult food supplies, six developmental stages of eggs, L1 and L2 rearing on the sterile/non-sterile diets, 13 microdissected compartments (Supplementary Figure S1) from the digestive tract of L3 (salivary glands, crop, foregut, midgut, hindgut, and Malpighian tubules, before/after feeding plus the trachea of respiratory tract), and five specimens from mature stages (pupae and male/female adults that their excreta and adult corpse were preserved for the long term). All the samples were processed in triplicates.

Field samples were collected from Garmdarreh City (35°45′49″ N, 51°3′44″ E). Adult flies were gathered using chicken-liver baited traps. Captured flies were transferred to the NII and morphologically identified. Six adult blowflies (including three L. sericata and three Calliphora species) were dissected for bacteriological assay, and the rest were kept for progeny production. Of the new generation, six samples, including three L3 and three pupae, were examined as well.

Two bed sore and diabetic foot patients (Supplementary Figures S2, S3), who were under MDT, were screened to find which bacteria are consumed by the maggots. The origin of the larvae used for the MDT of these patients was from the NII. 3 days after MDT, the third-stage larvae were collected from the wounds, and nine specimens were examined bacteriologically.



Sample Preparation

Prior to dissection, the flies were killed at −20°C for 3 min. The specimens were rinsed twice with phosphate-buffered saline (PBS) to remove the attached particles. Subsequently, to surface sterilize, they were immerged twice in 70% ethanol for 2 min. All the specimens were then dissected aseptically within a drop of sterile PBS on a sterile glass slide, under a laminar flow hood. Each dissected compartment (or whole bodies of eggs and pupae) was homogenized in 100 μL of PBS. The solution was entirely inoculated into the brain heart infusion (BHI) broth medium.



Bacteriological Methods

Several enrichment and selective culture media, comprising of BHI broth, BHI agar, MacConkey agar, and phenylethyl alcohol agar (PEA), were used to cultivate bacteria aerobically at 37°C overnight. Following the initial selection of the BHI broth medium, the positive samples were subcultured in the medium. To obtain individual pure colonies, the grown bacteria were serially diluted or streaked on specific media (MacConkey agar for Gram-negative bacteria and PEA for Gram-positive bacteria). Furthermore, to prevent bacterial swarming (rapid and coordinated translocation of bacteria, e.g., Proteus species), which arrests the growth of other bacteria and the achievement of pure individual colonies, methods such as agar-enriched BHI broth medium, PEA, and pour plate were employed.



Molecular Identification of Pure Colonies

The genomic DNA of bacteria was prepared using a commercial kit (Molecular Biological System Transfer [MBST], Tehran, Iran), according to the manufacturer’s instructions. The universal primers of 16suF: 5′-GAGTTTGATCCTGGCTCAG-3′ and 16suR: 5′-GTTACCTTGTTACGACTT-3′ were used to amplify ∼1,450 bp of the 16S rRNA gene. The amplification and sequencing were carried out based on the methods described previously (Weisburg et al., 1991; Maleki-Ravasan et al., 2015). Using a UV transilluminator, polymerase chain reaction (PCR) products were visualized on a 1% agarose gel stained with GreenViewTM, Parstous Biotechnology, Mahhad, Iran. Amplicons were separated from the gel, and after purification, they were sequenced bidirectionally using the same amplification primers by the Macrogen Company, Tehran, Iran.

A biochemical test using EMB agar (eosin methylene blue agar) medium was also applied for the identification of the Escherichia coli and Shigella species, which share identical 16S rRNA sequences, as described by Leininger et al. (2001; Supplementary Figure S4).



Antimicrobial Susceptibility of P. mirabilis Isolates

Using disk diffusion method, the P. mirabilis isolates were subjected to antibiotic susceptibility testing against 22 antibiotics representing eight families. The origin of bacteria were from six different microdissected compartments of L3 including salivary glands (n = 4), foregut (n = 4), midgut (n = 2), hindgut (n = 2), Malpighian tubules (n = 1), and trachea (n = 1). The antibiotics examined against the isolates included amikacin, azithromycin, bacitracin, ceftazidime, chloramphenicol, ciprofloxacin, colistin, cefotaxime, erythromycin, imipenem, kanamycin, meropenem, novobiocin, neomycin, optochin, penicillin, piperacillin, ampicillin + sulbactam, streptomycin, tetracycline, trimethoprim, and vancomycin. Inhibition zone diameter of each antimicrobial disc was measured, and the isolates were categorized as resistant, intermediate, and susceptible.




Culture-Independent Identification of Bacteria


Sampling

A total of 36 specimens were used in the amplicon-based metagenomic survey of bacteria circulating in the life cycle of L. sericata. The specimens included three of each developmental stage of eggs, the L1 and L2, pupae, and male and female adults, as well as three of each microdissected compartment of the digestive tract of L3, including salivary glands, crop, foregut, midgut, hindgut, and Malpighian tubules. All the specimens were originated from the NII. The conditions for sample preparation, including anesthetizing, surface sterilizing, and dissection, were the same as mentioned before. The total DNA of each dissected tissue was directly subjected to the bacterial identification.



DNA Extraction, Primer Design, and PCR

Total genomic DNA of individual tissues was extracted to identify intercellular/intracellular bacteria using “tissue protocol” of MBST kit, following the manufacturer’s guidelines. A nested PCR assay was conducted to raise the sensitivity of PCR assay in direct detection of bacteria from the insect tissues. In the first step of the nested PCR, the universal primers 16suF and 16suR were used to amplify the whole of nine hypervariable regions (V1–V9) in the bacterial 16S rRNA genes. In the second step, a large number of 16S rRNA gene sequences belonged to bacterial families, including clinical to environmental species, were subjected to primer designing based on the V1–V5 regions. Two universal primers, Nest2F (5′-GCRKGCCTAAYACATGCAAG-3′) and Nest2R (5′-CGTGGACTACCAGGGTATCTAATC-3′), were designed to amplify ∼800 bp of the gene. The PCR product of the first stage was used as a template DNA for the next step. The PCR reaction was performed using 50 ng of PCR product, 10 picomoles of the primers, 1 mM of dNTP, 1 U of Taq DNA polymerase (CinnaGen Company, Tehran, Iran), and PCR buffer. Polymerase chain reaction conditions included an initial denaturation step of 94°C for 5 min, followed by 10 cycles of 94°C for 30 s, 58°C for 30 s, and 72°C for 90 s, and 25 cycles of 94°C for 30 s, 57°C for 30 s, and 72°C for 90 s, which was accompanied by a final extension at 72°C for 10 min. For each sample, the second stage of nested PCR reaction was repeated four times in a total volume of 20 μ L.




Cloning and Sequencing

The second-stage PCR products were separated on a 1.5% agarose gel and then purified using GF-1 PCR Clean-up Kit; Vivantis, Shah Alam, Selangor Darul Ehsan, Malaysia. The inserts (∼800-bp-long PCR products) were ligated into the PGEM-T EASY Vector (Promega, Madison, Wisconsin, United States) using T4 DNA ligase (Fermentas, Waltham, Massachusetts, United States). This complex was transformed into DH5α strain of E. coli. The positive colonies (20–30 clones) were checked for the presence of inserts through the approaches of colony PCR and digestion with EcoRI. The plasmid DNA was extracted from the insert-positive colonies using the GF-1 Plasmid DNA Extraction Kit (Vivantis) and commercially sequenced with a Sanger platform by using the M13F and M13R vector primers at Macrogen Company.



Data Analysis

All successful 16S rRNA sequences were analyzed to assign the correct scientific name of bacterial species. The last version of software DECIPHER (Wright et al., 2012) was used to check the probable chimeric sequences within 16S rRNA gene clone library, and the specimens with suspicious sequences were removed from the data. The consensus of confident sequences was therefore analyzed using databases available for 16S rRNA genes of prokaryotes, including NCBI (16S rRNA sequences), EzBioCloud, and leBIBI (Supplementary Tables S1, S2). The MEGA5 software was utilized for the comparative analysis of the sequences and phylogenetic tree construction. Position verifications and phylogenetic inference were conducted using maximum likelihood method with 1,000 bootstrap replicates. The sequences data were deposited in the GenBank database. Venn diagram of all classified sequences was created using the software VENNTURE (Martin et al., 2012).




RESULTS


General Overview of Identified Bacteria

In total, 265 bacterial isolates, including 20 families, 28 genera, and 40 species, were identified from different sources of the L. sericata specimens (Tables 1–3). The isolates were belonging to four phyla, including Proteobacteria (81.13%), Firmicutes (15.09%), Bacteroidetes (3.40%), and Actinobacteria (0.38%) (Figures 1, 2 and Supplementary Tables S1, S2). The number of 21 and 32 unique species was recognized by two culture-dependent and metagenetic methods, respectively. Nine species were identified by both methods, as well (Figure 3). Morganellaceae and Proteus species were the most abundant identified family and genus of bacteria, correspondingly (Figure 4 and Tables 1–3). The consensus sequences were deposited in the GenBank under accession numbers MF399269-MF399394 for cultured and MF327011-MF327133 for uncultured bacteria.


TABLE 1. Details of bacteria found in the Lucilia sericata life cycle reared in the National Insectary of Iran (NII).
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TABLE 2. Bacteria found in trapped blowflies in the field.
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TABLE 3. Bacteria found in the third-stage larvae retrieved from two bed sore and diabetic foot patients.

[image: Table 3]

[image: image]

FIGURE 1. Maximum likelihood tree showing the phylogenetic relationships of ∼1,400 bp of the 16S rRNA gene sequences of 21 species obtained in this study using culture-dependent method. The numbers at the branch points are bootstrap values based on 1,000 replicates. The cutoff values lower than 50% are not shown. All species were classified into three phyla: (A) Proteobacteria, (B) Firmicutes, and (C) Bacteroidetes. The corresponding family taxa are indicated in the front of branches.
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FIGURE 2. Maximum likelihood tree showing the phylogenetic relationships of ∼800 bp of the 16S rRNA gene sequences of 32 species obtained in this study using culture-independent method. The numbers at the branch points are bootstrap values based on 1,000 replicates. The cutoff values lower than 50% are not shown. All species were classified into three phyla: (A) Proteobacteria, (B) Firmicutes, (C) Actinobacteria, and (D) Bacteroidetes. The corresponding family taxa are indicated in the front of branches.
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FIGURE 3. Venn diagram of bacterial species associated with different life stages of Lucilia sericata arranged by the isolation method: culture-dependent (cream circle) versus culture-independent (light green circle). Numbers in parentheses indicate the total number of species identified by each method. Numbers inside the circles show unique/shared bacteria recognized by two identification methods. Venn diagram was created using VENNTURE program (Martin et al., 2012).
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FIGURE 4. Bacterial families identified in the Lucilia sericata life cycle by two culture-dependent and culture-independent methods. Unclassified family includes three strains of Wohlfahrtiimonas chitiniclastica.




Culture-Dependent Identification of Bacteria

In culture-dependent method, a number of 144 bacterial isolates, including 21 species, were identified in specimens rearing in the NII (n = 19), flies collected from the field (n = 4), and L3 retrieved from two patients (n = 7) (Tables 1–3). Phylogenetic analysis of the cultured bacteria based on ∼1,400 bp of the 16S rRNA gene sequences showed that the isolates were belonging to three phyla, Proteobacteria (80.56%), Firmicutes (18.75%), and Bacteroidetes (0.69%) (Figure 1).

Bacteria entered the L. sericata life cycle through the foods (which may be inoculated by flies) and transovarially infected eggs. Six bacterial species were isolated from larval and adult food supplies. They included Klebsiella oxytoca, Pseudomonas japonica, and Serratia marcescens from sugar meal and Enterococcus faecalis, E. coli, and Shigella sonnei from chicken liver. Results showed the presence of nine and five bacterial species from developmental stages rearing on the sterile and non-sterile diets, respectively (Table 1). The bacteria of P. mirabilis and S. marcescens were shared between two types of diets. Moreover, larvae reared on a sterile diet generally did not grow up to the L3 and if grown, the larvae were very small. Four species, Citrobacter freundii, E. coli, P. mirabilis, and Proteus vulgaris, were found in sterilized eggs and only one species, Providencia alcalifaciens, in non-sterile eggs. Regardless of whether they were sterilized, a number of eight, four, and nine bacterial species were detected in the L1, L2, and L3, respectively (Table 1).

Three bacterial species, namely, E. faecalis, P. mirabilis, and Staphylococcus hominis, were isolated from pupal stage. Five species, including E. faecalis, E. coli, P. mirabilis, P. vulgaris, and K. oxytoca, were found in adult males and females; the first four species were detected in fly’s excreta. The bacterium S. marcescens was isolated from the corpse of adult flies, which had been preserved in a dry condition for more than 2 years (Table 1). Proteus species (n = 19) and E. faecalis (n = 8) were detected in both immature and mature stages of L. sericata, indicating the transstadial transmission of these bacteria between the larval stages and adults.

There were nine bacterial species in six compartments of the digestive tract and the trachea of respiratory tract of L3 (Table 1). The P. mirabilis was the most abundant bacterium in all the studied materials. Bacteria in the salivary glands were more diverse than those observed in other compartments (Table 1). Bacterial flora in the L3 was examined both before and after feeding. Seven (E. faecalis, Morganella morganii, Paenibacillus urinalis, P. mirabilis, P. vermicola, Pseudomonas alcaligenes, and S. marcescens) and three (Myroides phaeus, P. mirabilis, and S. marcescens) species were detected in the unfed and fed larvae, respectively (Table 1).

Four bacterial species, E. faecalis, E. coli, P. mirabilis, and P. vermicola, were identified in trapped blowflies in the field of Garmdarreh City (Table 2). However, 28 bacterial isolates, including seven species, were detected in two bed sore and diabetic foot patients (Table 3). Four out of seven species of the bacteria (E. faecalis, E. coli, M. morganii, and P. mirabilis) were also observed in the NII specimens, but only three (Bacillus cereus, Enterococcus avium, and Wohlfahrtiimonas chitiniclastica) were new isolates that were absent in the digestive tract of our previously tested specimens.



Antimicrobial Susceptibility of P. mirabilis Isolates

Antibiogram results showed several P. mirabilis isolates with different biochemical properties in the digestive tract of L. sericata. Results also revealed that all the 14 studied isolates were resistant to the seven antibiotics, including bacitracin, colistin, erythromycin, streptomycin, tetracycline, trimethoprim, and vancomycin. Susceptibility test findings of five antibiotics, that is, ampicillin/sulbactam, cefotaxime, novobiocin, optochin, and penicillin, were more diverse than other antibiotics and ranged from susceptible and intermediate to resistant. Susceptibility patterns were more noticeable in the salivary glands (n = 6) and midgut (n = 8) isolates (Table 4).


TABLE 4. Antibiogram profile of 14 strains of Proteus mirabilis isolated from the six compartments of third-stage larvae of Lucilia sericata.
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Culture-Independent Identification of Bacteria

A total of 121 chimera-free bacterial operational taxonomic units, including 32 species, were identified in immature (n = 26) and adult (n = 13) stages of L. sericata using metagenetic method. Phylogenetic relationships of the uncultured bacteria, based on ∼800 bp of the 16S rRNA gene sequences, are illustrated in Figure 2. The bacteria belonged to four phyla that include Proteobacteria (81.82%), Firmicutes (10.74%), Bacteroidetes (6.61%), and Actinobacteria (0.83%).

Eight species of bacteria detected in the eggs were C. freundii, Clostridium perfringens, Lactobacillus curvatus, Lysinibacillus parviboronicapiens, M. phaeus, Pseudomonas otitidis, Vagococcus fluvialis, and Weissella koreensis. A number of 4, 11, and 15 bacterial species were found in the L1 to L3 stages, respectively. In microdissected compartments of L3 (Supplementary Figure S1), the DNAs of the Lactococcus garvieae and P. mirabilis were identified in the salivary glands, and only P. mirabilis was found in the crop. In addition, six, three, and two bacterial species were detected in the foregut, midgut, and hindgut, respectively. Using metagenetic analysis, most species of bacteria were observed in the Malpighian tubules of L3 (n = 7). The species M. morganii and Proteus hauseri were isolated from pupae, whereas eight and three species of bacteria were isolated from male and female adult flies, respectively. The detailed data are listed in Table 1.




DISCUSSION

This study was designed to investigate bacterial communities associated with the life history of L. sericata using culture-dependent and culture-independent methods. In particular, the study investigated bacterial entrance/circulation routes in blowfly, effects of food diets on the gut bacteria, identification of bacteria in different parts of the gut, comparison of bacterial flora of laboratory-reared and field-collected specimens, and bacteria removal by larvae during MDT.

The results of this study reemphasized that L. sericata is thoroughly connected to the bacteria because they feed and breed only on organic materials undergoing decomposition processes. We specified the presence of 21 and 32 species of bacteria in L. sericata specimens using culture-dependent and metagenetic methods, respectively. Both identification techniques displayed their own pros and cons. While the former generated useful data on the viable aerobic gut bacteria, the latter detected intracellular/extracellular species of bacteria and rapidly identified anaerobic ones with relatively smaller samples. In fact, in the first approach, we lost many anaerobic bacteria (which may be significant), but the second approach covered this defect. The low volume of insect tissues and the length of the 16S rRNA of the bacteria hindered the detection of bacteria by the conventional 16S rRNA-PCR; therefore, a pair of primers was developed to utilize in the nested PCR assay. Hence, diverse ranges of bacteria were successfully detected directly from the desired tissues. It is well established that only a small percentage of environmental microbes can be cultivated (Amann et al., 1995). However, metagenetic methods are also varied in the simplicity of extraction of nucleic acids from different bacterial cell types (Head et al., 1998). In total, molecular techniques have raised our knowledge of insect microbiota (Dillon and Dillon, 2004; Engel and Moran, 2013; Yun et al., 2014; Hammer et al., 2015; Singh et al., 2015; Tomberlin et al., 2017).

To explore the insect microbiota, applying both culture-dependent and metagenetic methods would be worthwhile. Results from both methods used in the present investigation indicated that the majority of the identified bacteria (81%) belonged to the Gammaproteobacteria. This result is in agreement with those of a former study in which bacteria associated with different life stages of L. sericata and Lucilia cuprina were characterized using 16S rDNA 454 pyrosequencing method (Singh et al., 2015). The aforementioned class of bacteria comprises the laboratory model E. coli, human well-known pathogens (e.g., Salmonella, Yersinia, Vibrio, and Pseudomonas), and insect endosymbionts (Williams et al., 2010). These bacteria generally display broad ranges of aerobicity, trophism, and temperature adaptation (Scott et al., 2006). As a result, these details should be taken into account when designing studies with the aim of examining the whole microbiota.

In the first part of the study, the BHI broth medium was employed for growing aerobic bacteria because it could promote the growth of nutritionally fastidious and non-fastidious bacteria from a variety of clinical and environmental sources. Nonetheless, we encountered the swarming motility of Proteus species that halts the growth of other bacteria on the solid media. This motility was successfully arrested after hardening the BHI agar medium by the elevation of agar concentration (up to 4%). Up to now, ∼400 generations of L. sericata have been reared in the NII; hence, the population has become genetically homogeneous. To investigate the effects of this homogeneity and the location on the gut bacteria, the microbiota of field-collected green and blue blowflies was set as a control. Although the number of field collected (uncontrolled conditions) flies was lower than laboratory-reared (controlled conditions) specimens, four identical bacterial species with the dominance of P. mirabilis were found in both environments (Tables 1, 2). This evidence could be an emphasis on the presence of native microbiota in the L. sericata.

The fact that what kinds of bacteria are removed from a patient’s wound by the larvae during MDT has not been investigated. By identifying L3 bacteria removed from patients’ wounds and earlier knowledge on the microbial background of specimens, it can be concluded that B. cereus, E. avium, and W. chitiniclastica have been picked up by larvae from the wounds (Table 3). Generally, B. cereus causes serious intestinal or non-intestinal infections through the production of tissue-destructive exoenzymes (Bottone, 2010). Enterococcus avium, the most common enterococci in birds, is rarely associated with human bacteremia (Na et al., 2012). Wohlfahrtiimonas chitiniclastica, another source of bacteremia, has recently been regarded as an emerging human pathogen (Schröttner et al., 2017). This bacterium may be closely linked to the synanthropic flies, for example, Wohlfahrtia magnifica, L. sericata, Chrysomya megacephala, or Musca domestica (Schröttner et al., 2017). Based on our knowledge, this is the first report on the isolation of W. chitiniclastica directly from L. sericata larvae and indirectly from a 90-year-old female patient with bed sore in Iran.

Literature reviews show that the most common bacterial species associated with both decubitus and diabetic foot infections include Staphylococcus aureus, Staphylococcus epidermidis, Staphylococcus lugdunensis, P. mirabilis, Pseudomonas aeruginosa, Enterobacter cloacae, E. faecalis, and Finegoldia magna (Dana and Bauman, 2015; Jneid et al., 2018). It is uncertain whether various strains of bacteria such as P. mirabilis and E. faecalis, which are found in both chronic wounds and larvae used in MDT, are similar, or the strains of a given bacterium distributed in different compartments of the digestive tract of L. sericata have the same biochemical properties.

The first query is open and needs to be reflected in detail in future studies. Commensals and pathogens do not concisely share general invasion pathways in their hosts (Ivanov and Honda, 2012). Additionally, the host innate immune system has the ability to recognize and to mount tolerogenic response against commensals and inflammatory response against pathogens (Round et al., 2010; Manicassamy and Pulendran, 2011). For clarity, some studies have suggested that maggots may act selectively against pathogenic microorganisms that are found in chronic wounds and bacteria isolated directly from the larvae and their ES (Jaklic et al., 2008; Bohova et al., 2014).

The numerous properties of a given bacterium distributed in different parts of the digestive tract of L. sericata were responded herein in part, by evaluating the susceptibility of P. mirabilis isolates from different compartments of L3 to various antibiotics. The results not only revealed the diversity in antibiogram susceptibilities but also displayed more visibility of this pattern in the salivary glands and midgut isolates than other isolates. Thanks to extracorporeal digestion (Andersen et al., 2010), the salivary glands in the L. sericata are the first parts of the food canal to be in contact with the engorging environment, and the midgut is a “hot spot,” where many microbes are actively exchange their genetic materials, including antibiotic resistance genes (Dillon and Dillon, 2004; Le Roux and Blokesch, 2018). Knowledge of the sensitivity pattern of symbiotic bacteria, for example, P. mirabilis, may be crucial in wound healing and formulating rational antibiotic policy.

In insect populations, symbiotic bacteria could be acquired horizontally or vertically and from surrounding environments (Funkhouser and Bordenstein, 2013; Thompson et al., 2013). Association of microbiota in food sources with necrophagous flies has been considered in a few studies (Ahmad et al., 2006; Banjo et al., 2006; Förster et al., 2007; Dharne et al., 2008). In this study, six bacterial species were detected from food supplies that may come into the life cycle of L. sericata; however, only E. faecalis and S. marcescens kept circulation in all stages via the transstadial transmission (Table 1). Other species of bacteria may be obtained from conspecific flies. Enterococcus faecalis is a Gram-positive and commensal bacterium of the human/animal digestive tract (Berg, 1996; Ryan et al., 2003). It can be an opportunistic pathogen causing serious infections, namely, urinary tract infections, endocarditis, bacteremia, and wound infections (Kau et al., 2005). This lactic acid bacterium is frequently found in the small intestine of healthy humans (Rôças et al., 2004), where it chiefly survives by the fermentation of non-absorbed sugars (Murray, 1998). Enterococcus faecalis additionally sprang up to exploit a variety of resources by tolerating severe salt and alkalinity (Stuart et al., 2006). Similar to its eukaryotic host, L. sericata, this bacterium has been provided promising data for PMI estimation (Iancu et al., 2018), although its role in the MDT and biology of L. sericata is unclear.

In this study, S. marcescens were obtained from the food supplies of adult flies, live larvae (L1–L3), and the corpse of adult flies that were preserved for a long time. The bacterium is generally known to be an entomopathogen, however; it can be an opportunistic pathogen of plants, nematodes, and humans (Grimont and Grimont, 2006). Infections of S. marcescens have been reported in various flies, specifically apple maggot flies, Rhagoletis pomonella (Lauzon et al., 2013); blowflies, L. sericata (Meigen) (Parvez et al., 2016); fruit flies, Drosophila melanogaster (Miest and Bloch-Qazi, 2008); house flies, M. domestica (L.) (Parvez et al., 2016); stable flies, Stomoxys calcitrans (Castro et al., 2007); and tsetse flies, Glossina species (Poinar et al., 1979). It is also a well-adapted bacterium to L. sericata because it could survive more than 2 years in the fly’s body. In a study, the survival of ingested S. marcescens in house flies after electrocution was found to be up to 5 weeks (Cooke et al., 2003). The way to enter the insect host has been reported to determine the outcomes of the S. marcescens infections (Sanchez-Contreras and Vlisidou, 2008). It has also been indicated that the protozoan parasite, Leishmania mexicana, has the ability to protect sandfly host, Lutzomyia longipalpis, from the bacterial pathogen, S. marcescens (Sant’Anna et al., 2014). In this regard, we argue that the S. marcescens found across the L. sericata gut in this study is likely non-pathogenic or is supported by indigenous microbiota (bacteria with profound effects on the anatomical, physiological, and immunological development of the host) via colonization resistance. Both ideas need to be investigated in future studies.

Our knowledge of how bacteria are circulated horizontally in and vertically between the generations of L. sericata is limited. In general, symbiotic bacteria need such circulation to maintain their community within the host populations (Ferrari and Vavre, 2011). The results of our study found a number of bacteria e.g., Klebsiella species, Lactobacillus species, L. garvieae, M. morganii, Providencia species, Pseudacidovorax intermedius, P. otitidis, V. fluvialis, and Ventosimonas species that were present in two or three stages of L. sericata, although they had an incomplete transstadial transmission, and the sample size was insufficient to trace bacteria in further stages. Nevertheless, others such as E. faecalis, M. phaeus, Proteus species, P. vermicola, and S. marcescens, which were present in most of the examined stages (≤4), may have had a complete transstadial transmission. Among bacteria with the transstadial transmission, those found in adults are of particular importance for development or biological traits as the reorganization of bacteria while passing immature to adult stages occurs in pupal stage (Greenberg, 1968).

A number of 12 species of bacteria were found in eggs, five species by culture-dependent, eight species via metagenetic approach, and the species C. freundii by both methods. These bacteria were presumably transferred to the offspring in the ovary (transovarial) not across the eggs (transovum) because eggs were surface sterilized using immersion either in 70% ethanol or in 3% Lysol. Herein, we discuss that each transstadial and transovarial transmission route of bacteria has its relative significant for the circulation of bacteria within and between populations. This observation contradicts Singh et al.’s (2015) findings in which the transstadial transmission was more evident than transovarial transmission. The reason for this discrepancy may be due to different bacteria identification methods used and the number or type of samples examined. The number of reads and sequence lengths in the study of Singh et al. (2015) were completely different from our study. These factors may influence the identification of the bacteria at the lower levels of taxonomy and thus the inference of the horizontal or vertical circulation of the bacteria in the population of flies.

It is now widely accepted that diets and other environmental factors modulate the composition and metabolic activity of human and animal gut microbiota (Conlon and Bird, 2015; Kers et al., 2018; Ng et al., 2018; Zhang et al., 2018). The results of this study highlighted more bacterial isolates/species in specimens rearing on the sterile diets than non-sterile ones. Remarkably, two key bacteria, P. mirabilis and S. marcescens, were shared between two types of diets, which likely denote that it may be unnecessary to sterilize the eggs used in MDT. In addition, larvae specimens reared in the sterile diet did not ripen to L3, or very small L3 was generated. This result has been verified in other studies, and the immature stages of several fly species fail to develop in the substrates lack bacteria (Schmidtmann and Martin, 1992; Zurek et al., 2000).

In this study, the effect of feeding status on the bacterial load of L. sericata was investigated. In hematophagous insects such as sand flies, the protein-rich bolus of the blood normally causes the rapid growth of gut bacteria, and when absorption is accomplished, most bacteria were defecated with blood remains (Maleki-Ravasan et al., 2015). However, in our study, the number of bacterial isolates detected in the guts of unfed larvae was three times as large as in the fed larvae. The presence of food in the intestinal tract of larvae probably acts as a physical barrier to bacterial growth, and after the digestion and excretion process, nutrients became available to bacteria, thereby stimulating their growth. Microbial competition immediately comes to an end with the elimination of transient/invading bacteria and the regeneration of native microbiota. The species, such as P. mirabilis, S. marcescens, E. faecalis, M. morganii, and P. urinalis, which were found in the unfed state of the microdissected compartments, implies the resident gut bacteria. Although a more precise methodology is needed, these results indicate that the digestive process increases the number of native bacteria than other bacteria.

Among the three studied larval instars, most bacterial species were recovered from L3 and may be due to both the greater nutritional activity of L3 and the detailed study of its gut compartments. The culture-dependent method revealed the highest number of bacterial species in the salivary glands, while the metagenetic approach exposed the highest number of bacterial species in the Malpighian tubules. For the bacteria identified in both compartments, the metagenetic results were similar, and only the culture-dependent result was different, because live bacteria were detected only in the second method. These findings appear to be rational, because in the L. sericata, salivary glands are tissues directly contacted with the food surface bacteria, and Malpighian tubules are excretory organs where live/dead bacteria must be repelled out of the body. Likewise, the occurrence of P. mirabilis isolates in tracheal tubes highlights the potential role of bacteria in insect development as indicated in mosquitoes (Coon et al., 2017) and presumably in immunity through swarming motilities that suppress the growth of other bacteria. As a result, bacteria in the digestive/respiratory systems of larvae of blowflies assist in the breakdown of food and sustain the immune hemostasis, as indicated by Ivanov and Honda (2012) and Tomberlin et al. (2017).

Adult blowflies are regularly in contact with carrion (Pechal and Benbow, 2016), wounds on animals (Sanford et al., 2014), feces (Mann et al., 2015; Brodie et al., 2016), and even pollen-rich composite flowers (Brodie et al., 2015a). These resources are important for the courtship and mating behavior, obtaining nutrition required for oogenesis, or supporting the development of offspring (Tomberlin et al., 2017). Certain bacteria, including Providencia rettgeri, M. morganii, P. vulgaris, and P. mirabilis, are the initial colonizers of infested wounds, and olfactometer tests using bovine blood containing these bacteria showed that their by-products/degradation results in MVOCs that attract blowflies to colonize in those substrates. Although these bacteria had individually been attractive to the flies, their combination was reported to be more effective, and the cultures of P. rettgeri were found to be the most attractive ones (Eddy et al., 1975). Other results specified that MVOCs from five individual species (K. oxytoca, P. mirabilis, P. vulgaris, P. rettgeri, and Providencia stuartii) were responsible for attracting more females, resulting in more oviposition than MVOCs from E. cloacae, Enterobacter sakazakii, and Serratia liquefaciens (Chaudhury et al., 2010). Furthermore, the interkingdom swarming signals from a P. mirabilis isolated from the salivary glands of L. sericata and their influence on blowfly in access to the new hosts/environments have been explored carefully (Ma et al., 2012; Tomberlin et al., 2012; Liu et al., 2016). The components of MVOCs from bacterial origin, which regulate the activation responses of blowflies, have been determined as dimethyl disulfide, dimethyl trisulfide, ethanethiol, indole, isobutylamine, p-cresol, phenol, phenylacetic acid, phenylacetaldehyde, and skatole (Dethier, 1948; Richardson, 1966; Grabbe and Turner, 1973; Erdmann and Khalil, 1986; Chaudhury et al., 2014). However, the type of volatiles that these bacteria produce and the manner in which flies respond appear to be bacterium- or strain-specific, as indicated by Brodie et al. (2014).

In this survey, a number of 16 and 3 bacterial species identified were from the adult flies reared in the insectary and those captured from the field, respectively. Providencia vermicola and Ventosimonas species were found to be dominant bacteria in males and females, respectively. Bacteria in the genus Providencia are pathogens of many organisms, including humans and insects (Galac and Lazzaro, 2011). Initially, P. vermicola had been isolated from an entomopathogenic nematode, Steinernema thermophilum (Somvanshi et al., 2006); later, its pathogenic effects were approved in silkworm Bombyx mori (Zhang et al., 2013) and fruit fly D. melanogaster (Galac and Lazzaro, 2011). Moreover, it has been revealed that this bacterium is resistant to the L. sericata larval excreta/secreta (Jaklic et al., 2008). Recently, a member of the Gammaproteobacteria, Ventosimonas gracilis, has been isolated from Cephalotes varians ant guts, which represent a new family, genus, and species (Lin et al., 2016). In our study, the DNA of this obligate aerobic bacterium was found in female flies.

Some bacterial communities may have large influence on the life history of insects (Gurung et al., 2019). A notable instance is the necrophagous beetle, Nicrophorus vespilloides, in which there is a potential metabolic cooperation between the host and its microbiota for digestion, detoxification, and defense, which prolong from the beetle’s intestine to its nutritional substrates (Vogel et al., 2017). However, the direct role of the bacteria associated with L. sericata has not adequately been addressed in the literature either in fly ecology or in MDT process. Conversely, the effects of larval ES on bacteria related to wounds (but not bacteria isolated from non-sterile larvae) had been considered to be antibacterial, antibiofilm, and boosting antibiotics (Jaklic et al., 2008; Cazander et al., 2009, 2010a,b).



CONCLUSION

The complexity of the molecules, enzymes, and AMPs involved in MDT makes it impossible to separate the wheat from the chaff and to determine the exact roles of each larval and symbiotic partner. Consequently, the first and critical step in this context is identification of bacteria present in different compartments of the L. sericata. Here, we reacknowledge using conventional cultivation and advance molecular techniques that L. sericata is associated with bacteria both in different gut compartments and different developmental stages. Various factors, including diets, feeding status, identification tool, gut compartment, and life stage, governed the bacterial species. However, the most prevalent species was Gammaproteobacterium P. mirabilis with different biochemical properties especially in the salivary glands and midgut isolates. Moreover, we argued that each transstadial and transovarial transmission routes of bacteria have its relative significance within and between L. sericata populations. Nevertheless, bacteria such as E. faecalis, M. phaeus, Proteus species, P. vermicola, and S. marcescens that have transstadial transmission are more important, representing the lack of adverse effect of the larval ES on these resident bacteria. The findings of this study are planned to pave the way for further research in the role of each bacterial species/strain in the insect ecology, as well as in antimicrobial, antibiofilm, anti-inflammatory, and wound healing activities.



DATA AVAILABILITY STATEMENT

The sequencing data generated for this study can be found in the NCBI under accession numbers MF399269-MF399394 for cultured and MF327011-MF327133 for uncultured bacteria.



ETHICS STATEMENT

All phases of the study have acknowledged ethics approval from the Research Committee and Institutional Ethics Committee of the Pasteur Institute of Iran. Two diabetic foot and bed sore cases involved in this study gave their written informed consents in accordance with the Declaration of Helsinki. For the first patient, the informed consent was provided by the patient himself, but for the second one, it was written by her legal representatives.



AUTHOR CONTRIBUTIONS

NM-R, ND, AR, and SZ contributed to conceptualization of the project. NA and ZS performed the laboratory works. NM-R carried out the data analysis and interpretation and drafted the manuscript. NM-R and ND critically revised the manuscript. All authors read and approved the final version of the manuscript.



FUNDING

This research was supported by the Grant No. 874 from the Pasteur Institute of Iran. All parts of this work were performed in MVRG.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fmicb.2020.00505/full#supplementary-material

FIGURE S1 | Micro-dissected compartments of the digestive tract of third-stage larvae of Lucilia sericata. (A) foregut (showing mouth hooks, unexpanded crop, and two tubular salivary glands), (B) a full feed crop; (C) crop immediately after food discharge; (D) one out of four Malpighian tubules; (E) trachea and tracheoles.

FIGURE S2 | Front and up view of a diabetic patient’s foot underwent maggot debridement therapy.

FIGURE S3 | A large bed sore before and at the time of maggot debridement therapy.

FIGURE S4 | Biochemical differentiation of Shigella species (right) and Escherichia coli (left) with identical 16S rRNA gene sequences through EMB medium.

TABLE S1 | Characteristics of the representative 16S rRNA gene sequences of 21 bacterial species identified from Lucilia sericata using Culture-dependent method.

TABLE S2 | Characteristics of the representative 16S rRNA gene sequences of 32 bacterial species identified from Lucilia sericata using Culture-independent method.
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As one of the most important tool for biodiversity restoration and endangered species conservation, reintroduction has been implemented worldwide. In reintroduction projects, prerelease conditioning could effectively increase postrelease fitness and survival by improving animals’ adaptation to transformation from artificial to natural environments. However, how early-life diet training affects individuals’ adaptation, fitness, and survival after release remains largely unknown. We hypothesized that early-life diet training would adjust the host’s gut microbial community, the gut microbial community would influence the host’s diet preference, and the host’s diet preference would impact its adaptation to diet provision transformation and then determine postrelease fitness and survival. To verify this hypothesis, we investigated the growth characteristics and gut microbes of Yangtze sturgeon (Acipenser dabryanus) trained with natural and formula diets at both the prerelease and postrelease stages. The results showed that (1) the gut microbial communities of the individuals trained with a natural diet (i.e., natural diet group) and formula diet (i.e., formula diet group) evolved to the optimal status for their corresponding diet provisions, (2) the individuals in the natural diet group paid a lower cost (i.e., changed their gut microbial communities less) during diet transformation and release into the natural environment than did the individuals in the formula diet group, and (3) the gut microbes in the natural diet group better supported postrelease fitness and survival than did the gut microbes in the formula diet group. The results indicated that better prerelease diet training with more appropriate training diets and times could improve the reintroduction of Yangtze sturgeon by adjusting the prerelease gut microbial community. Because a relationship between diet (preference) and gut microbes is common in animals from insects (such as Drosophila melanogaster) to mammals (such as Homo sapiens), our hypothesis verified by the case study on Yangtze sturgeon applies to other animals. We therefore encourage future studies to identify optimal training diets and times for each species to best adjust its prerelease gut microbial community and then improve its postrelease fitness and survival in reintroduction projects.

Keywords: reintroduction, captive-bred population, release cost, diet training, gut microbes, Acipenser dabryanus


INTRODUCTION

With increasing human activities, biodiversity has decreased globally (Butchart et al., 2010; Pimm et al., 2014), which has impacted Earth’s ecosystems and human well-being (Cardinale et al., 2012; Hooper et al., 2012; Oliver et al., 2015). Currently, actions to restore biodiversity are being implemented globally (Mace et al., 2018). Reintroduction, which is the translocation of individuals to areas in which a species has been extirpated with the aim of re-establishing a self-sustaining population, has become a globally important form of conservation management used to restore biodiversity (Cochran-Biederman et al., 2015; Brichieri-Colombi and Moehrenschlager, 2016; Taylor et al., 2017; Haase and Pilotto, 2019; Jourdan et al., 2019). Reintroduction projects have been frequently conducted for many taxa, including mammals, birds, reptiles, fish, and invertebrates (Tavecchia et al., 2009; Dincǎ et al., 2018; Yang et al., 2018; Brichieri-Colombi et al., 2019; Jourdan et al., 2019; Teitelbaum et al., 2019). To date, over 1200 species have been reintroduced (Brichieri-Colombi et al., 2019).

Reintroduction projects require viable source populations for release, derived from either wild or captive-bred populations (Brichieri-Colombi et al., 2019). However, declines in abundance and occurrence have rendered remaining wild populations too fragile to act as continuous sources (Todd and Lintermans, 2015; Brichieri-Colombi et al., 2019), so captive-bred populations are the only choice for reintroduction projects. Captive breeding provides assurance against species extinction and an increased ability to target a specific sex or age cohort for release (International Union for Conservation of Nature [IUCN] and Species Survival Commission [SSC]., 2013; Brichieri-Colombi et al., 2019). However, captive-bred populations often have a relatively low postrelease success in terms of survival, behavior, or breeding performance (Letty et al., 2007; Todd and Lintermans, 2015; Brichieri-Colombi et al., 2019). Short-term postrelease (varying from a few weeks to 1 year in different long-lived species) survival is the crucial first step for the success of reintroduction projects (Svåsand et al., 2000; Armstrong and Seddon, 2008; Tavecchia et al., 2009; Bertolero et al., 2018; Cayuela et al., 2019). Prerelease conditioning has been proven to generally effectively improve short-term postrelease survival (Batson et al., 2015; Tetzlaff et al., 2019). However, starvation is still a significant source of mortality in captive carnivores post release, and foraging deficiencies are underrepresented in the literature (Berger Tal et al., 2019).

Training captive-bred prerelease animals with natural diets could result in increased postrelease survival (Whiteside et al., 2015). Whiteside et al. (2015), indicated that diet conditioning increased postrelease survival by altering foraging efficiency, food discrimination, handling skills, and gut morphology. However, diet preference underlies these four functional effects. Diet preference depends on host gut microbes, which modify host sensory perception (Wong et al., 2017; Yuval, 2017). Therefore, we assume that (i) diet training in captive-bred prerelease animals will determine the drift of host gut microbes, (ii) gut microbes will influence host diet preference, and (iii) diet preference will influence foraging behavior and then impact individuals’ fitness and survival after release.

Yangtze sturgeon (Acipenser dabryanus) is a critically endangered endemic species and a flagship species in the Yangtze River (Wu et al., 2014). Because of changes in hydrological conditions driven by human activities, the Yangtze sturgeon has not reproduced naturally since 2000 (Zhang et al., 2011; Wu et al., 2014), and there is currently no natural population in the Yangtze River. Releasing captive-bred populations into appropriate reaches is the only way to restore the natural Yangtze sturgeon population. We retained the F1–F3 generations of a captive-bred population of Yangtze sturgeon and reintroduced more than 100,000 adults and juveniles into the upper Yangtze River from 2007 to 2019. Now, to test our hypothesis and improve our reintroduction programs, we experimentally manipulated early-life diets in the first 7 months after hatching by using natural diets and formula diets for two experimental groups of Yangtze sturgeon and then released some labeled individuals from these two groups into the natural environment. We monitored their body length and weight and gut microbes, and then, by analyzing the two groups’ growth characteristics and gut microbes, we verified the mechanisms by which diet training impacts postrelease fitness and survival.



MATERIALS AND METHODS


Experimental Design and Sampling Procedures

The experimental fish were the F2-generation offspring of a captive-bred population of Yangtze sturgeon. Artificial reproduction of the fish was implemented at facilities of the Yangtze River Fishery Research Institute located in Jingzhou, Hubei Province, China. The offspring came from a single mating pair. A total of 1200 larvae were randomly screened and divided into two groups. Each group was split into three tanks, with 200 fish per tank. The larvae were fed earthworms beginning 8 days post hatching (dph), when the embryonic yolk was completely absorbed. Before feeding, the earthworms were soaked in 2–5 ppm potassium permanganate for 3–5 min, irradiated with UV light for 0.5 h and then minced to an appropriate size for the larvae. When the larvae grew to a full length of 25–35 mm (approximately 23 dph), one group (i.e., natural diet group) continued to feed on earthworms, while the other group (i.e., formula diet group) was gradually transitioned to an artificial formula diet. The duration of the transition period from earthworms to the artificial formula diet was approximately 15 days. Under laboratory rearing conditions, the two treatment groups were fed four times daily (07:00, 13:00, 19:00, and 0:00), fully aerated tap water was used for circulation, and the water temperature and dissolved oxygen content were controlled at 19 ± 0.5°C and 6.5–8.5 mg/L, respectively. Because captive-bred juveniles of Yangtze sturgeon were released in the same year as part of the reintroduction project, 60 individuals of each group were selected randomly, marked, and then released into a natural pond at 7 months post hatching (mph) and recaptured 2 months later (i.e., at 9 mph).

We randomly sampled individuals from each group five times: larval stage (1 mph), early juvenile stage (2 and 3 mph), and juvenile stage (7 and 9 mph). At the larval stage, the formula diet group was transitioned from earthworms to the formula diet. We measured the body length and weight of the sampled individuals. All sampled individuals were euthanized with an overdose of MS 222 (Sigma, Germany) before dissection, and then, approximately 0.5 g of the hindgut contents was extracted aseptically. The contents from multiple individuals were pooled into one sample, especially for the small individual samples. At least three replicates per group were collected at each sampling time, and the samples were flash-frozen in liquid nitrogen and then stored at −80°C until DNA extraction. The experimental procedure is conceptually outlined in Figure 1.


[image: image]

FIGURE 1. Conceptual diagram showing the experimental procedure. The sampling times and corresponding developmental stages are shown. At 1 mph, the formula diet group was undergoing diet transformation. At 7 mph, some individuals from the two groups were released into the natural environment; the individuals were recaptured 2 months later (9 mph). Sampling includes measurement of body length and weight and extraction of hindgut contents. NatG, natural diet group; FormG, formula diet group; mph, months post hatching.




DNA Extraction and Sequence Analysis

Microbial DNA was extracted from gut samples using an E.Z.N.A.® Stool DNA Kit (Omega BioTek, Norcross, GA, United States) according to the manufacturer’s protocols. Then, the final DNA concentration and purity were determined by a NanoDrop 2000 UV-vis spectrophotometer (Thermo Fisher Scientific, Wilmington, United States), and DNA quality was checked by 1% agarose gel electrophoresis. The V3–V4 hypervariable regions of the bacterial 16S rRNA gene were amplified with the primers 338F (5′-ACTCCTACGGGAGGCAGCAG-3′) and 806R (5′-GGACTACHVGGGTWTCTAAT-3′) by using a PCR thermocycler system (GeneAmp 9700, ABI, United States). The PCRs were conducted using the following program: 3 min of denaturation at 95°C; 27 cycles of 30 s at 95°C, 30 s for annealing at 55°C, and 45 s for elongation at 72°C; and a final extension at 72°C for 10 min. PCRs were performed in triplicate 20 μl mixtures containing 4 μl of 5 × FastPfu Buffer, 2 μl of 2.5 mM dNTPs, 0.8 μl of each primer (5 μM), 0.4 μl of FastPfu Polymerase, and 10 ng of template DNA. The resulting PCR products were extracted from a 2% agarose gel, further purified using an AxyPrep DNA Gel Extraction Kit (Axygen Biosciences, Union City, CA, United States) and quantified using QuantiFluorTM-ST (Promega, United States) according to the manufacturer’s protocol.

Purified amplicons were pooled in equimolar amounts and subjected to paired-end sequencing (2 × 300 bp) on an Illumina MiSeq platform (Illumina, San Diego, CA, United States) according to standard protocols by Majorbio Bio-Pharm Technology Co., Ltd. (Shanghai, China). Raw fastq files were demultiplexed, quality-filtered by Trimmomatic, and merged by FLASH. Operational taxonomic units (OTUs) were clustered with a 97% similarity cutoff using UPARSE (version 7.1)1, and chimeric sequences were identified and removed using UCHIME. The taxonomy of each 16S rRNA gene sequence was analyzed by the RDP Classifier algorithm2 against the Silva (SSU128) 16S rRNA database using a confidence threshold of 70%. The raw data have been deposited in the CNSA3 of CNGBdb with accession number CNP0000907.



Statistical Analysis

The samples of both groups, including individuals living in the artificial environment and recaptured individuals, from five stages (1, 2, 3, 7, and 9 mph) were delineated into 10 subgroups. Alpha diversity analysis, including analysis of the Chao richness index, Shannon diversity index, and Simpson diversity index, was conducted to reveal the variation in all gut microbial samples. Beta diversity analysis, including hierarchical clustering, sample distances, and non-metric multidimensional scaling (NMDS) analysis, was conducted to reveal the similarity of samples based on their gut microbial communities. The gut microbial community of each subgroup was analyzed at the family level. Analysis of the common OTUs, species, genera, and families between adjacent developmental stages of each group was performed to examine the drift of gut microbial communities with diet training by the natural and formula diets. Analysis of the common OTUs, species, genera, and families between the two groups at each developmental stage was performed to examine the gut microbial community divergence between the natural diet group and the formula diet group. Analysis of the common OTUs, species, genera, and families between each stage and the recaptured stage of each group was performed to examine the fitness of gut microbial communities for release. Then, based on these data sets, (1) lines of best fit for fitness at the OTU, species, genus, and family levels were generated for each group using a polynomial fitting method, and (2) the drift of gut microbial communities was outlined.



RESULTS


Growth Characteristics

The growth characteristics of the two groups are shown in Table 1. The body length and weight of the Yangtze sturgeon in the two groups increased continuously from 1 to 9 mph in the artificial environment. The growth characteristics of the individuals in the two groups did not show a significant difference at 1 mph. However, the growth characteristics of the formula diet group at the early juvenile stage (2 and 3 mph) were significantly lower than that of the natural diet group after the diet switch began (P < 0.01 and P < 0.05). Then, these significant differences vanished as the individuals of the formula diet group adapted to the formula diet at the juvenile stage (7 and 9 mph) (P > 0.05). After living in the natural environment for two months (9 mph), the recaptured individuals of both groups exhibited significantly lower growth characteristics than the individuals living in the artificial environment. The recaptured individuals of the natural diet group showed significantly higher growth characteristics than the recaptured individuals of the formula diet group (P < 0.05).


TABLE 1. Growth characteristics of the natural diet group and formula diet group of Acipenser dabryanus.

[image: Table 1]Moreover, after 2 months of 120 individuals being released into a natural pond, 37 individuals with natural diet group labels and 32 individuals with formula diet group labels were recaptured. The recapture rate of the natural diet group was 61.67%, and that of the formula diet group was 53.33%. In other words, the survival rate of the natural diet group was 61.67%, and that of the formula diet group was 53.33%.



Gut Microbes

A total of 1,406,433 clean sequences were obtained from 38 samples of the two groups, and the average length of these sequences was 437.70 bp. A total of 2165 kinds of bacterial OTUs were detected (UPARSE, 97% cutoff) among these sequences, which belonged to 39 phyla, 84 classes, 192 orders, 351 families, 738 genera, and 1202 species (more details in Supporting Information 1_OTU Table). The OTU counts and compositions of each subgroup were highly variable among sampling times (Figure 2, more details in Supporting Information 2_Subgroup Delineation and Supporting Information 3_Alpha Diversity and Beta Diversity). The dominant taxa at the family level were Clostridiaceae, Enterobacteriaceae, Fusobacteriaceae, Streptococcaceae, Flavobacteriaceae, and Moraxellaceae (more details are provided in Supporting Information 4_Community Heatmap).
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FIGURE 2. Taxonomic characteristics of gut microbes of the natural diet group and formula diet group of Acipenser dabryanus at different stages. G1: the sample subgroup sampled at 1 mph; G2: the sample subgroup sampled at 2 mph; G9r: the sample subgroup sampled from recaptured individuals at 9 mph; N_OTU: natural diet group at the OTU level; F_family: formula diet group at the family level; mph: month post hatching.




Gut Microbial Community Drift

Along with the types of OTUs, the species, genera, and families in the gut microbial communities declined from 1 to 2 to 3 mph (Figure 2), and the contribution rates (indicated by coverage) from the former stage to the latter stage increased in the natural diet group but decreased in the formula diet group (Figure 3). Along with the types of OTUs, the species, genera, and families in the gut microbial communities increased from 3 to 7 to 9 mph (Figure 2), with the contribution rates from the former stage to the latter stage decreasing and then increasing in the natural diet group but continually decreasing in the formula diet group (Figure 3).


[image: image]

FIGURE 3. Drift of the gut microbial communities of Acipenser dabryanus in the natural diet group and formula diet group. Coverage is the proportion of common OTUs, species, genera and families in two adjacent stages (such as G1 and G2) compared to the later stage (G2). G1/G2: the drift of the gut microbial communities from 1 mph to 2 mph; G2/G3: the drift of the gut microbial communities from 2 mph to 3 mph; G7/G9r: the drift of the gut microbial communities from 7 mph to 9 mph (recaptured); N_OTU: natural diet group at the OTU level; F_family: formula diet group at the family level; mph: month post hatching.


The divergence of gut microbial communities between the natural diet group and the formula diet group increased continually from 1 to 7 mph in the artificial environment (Figure 4). However, the divergence in the natural environment was obviously weaker than that in the artificial environment (Figure 4). In other words, the divergence trend between the two groups was reversed after the individuals were released into the natural environment.
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FIGURE 4. Divergence of gut microbial communities of Acipenser dabryanus between the natural diet group and the formula diet group. Divergence is the proportion of total OTUs, species, genera or families unshared by two groups (natural diet group and formula diet group). OTU_diverge: divergence at the OTU level; Species_diverge: divergence at the Species level; mph: month post hatching.


The fitness (indicated by coverage) of the gut microbial communities for release in both the natural and formula diet groups declined continually from 1 to 3 mph, followed by some recovery at 7 mph (Figure 5). The fitness declined more sharply and recovered more weakly in the formula diet group than in the natural diet group (Figure 5). The lines of best fit showed that the fitness of gut microbial communities for release would continue to recover after 7 months of natural diet training following Yangtze sturgeon hatching (Figure 5).
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FIGURE 5. Fitness (coverage) of gut microbial communities of each group of Acipenser dabryanus at the OTU, species, genus and family levels at different developmental stages and their lines of best fit. N_OTU: natural diet group at the OTU level; F_family: formula diet group at the family level; mph: month post hatching.


The continually increasing divergence of gut microbial communities between the natural diet group and the formula diet group from 1 to 7 mph in the artificial environment (Figure 4) indicated that the gut microbial communities of the two groups evolved to different statuses. The decreased divergence of gut microbial communities between the natural diet group and the formula diet group at 9 mph in the natural environment (Figure 4) indicated that the gut microbial communities of the two groups began to converge to a common optimal status that fit the natural environment. Because the fitness of the gut microbial community for release in the formula diet group was lower than that in the natural diet group (Figure 5), the optimal status of the gut microbial community in the natural environment was more similar to that of the natural diet group than to that of the formula diet group (Figure 6).
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FIGURE 6. Conceptual diagram showing the drift of gut microbial communities of Acipenser dabryanus in the natural diet group and formula diet group at different developmental stages. The ovals represent gut microbial communities. The size of the oval indicates the types of OTU in the gut microbial community of each subgroup. The location of the oval indicates the composition of the gut microbial community of each subgroup. NatG: natural diet group; FormG: formula diet group; mph: months post hatching.




DISCUSSION


Diet Training Adjusts Gut Microbes

Diet training changed the gut microbial communities of Yangtze sturgeon individuals. It is well known that diet impacts the types of microorganisms that colonize the gut (Smith et al., 2015; Gajardo et al., 2017; Yang et al., 2019). Generally, the bacterial richness and diversity of developing larvae significantly increase during the first hours, days, or weeks post hatching and then remain stable (Califano et al., 2017; Li et al., 2017; Wilkes-Walburn et al., 2019). As diet is a major contributor to early microbial community development, diet transformation leads to obvious changes in the gut microbial community (Wilkes-Walburn et al., 2019). In the present study, from 1 to 7 mph, the composition of gut microbes varied obviously (Figure 2 and Supplementary Figures SI3_1, 2, 3), and only some microbial types survived to the subsequent stages in both groups (Figure 3), which indicated that the gut microbial communities in each group were drifting. Along with the drift of gut microbial communities, the common microbial types in both groups decreased from 1 to 7 mph (Figure 4), which indicated that the diet training difference drove the gut microbial communities to drift toward different assemblages.



Gut Microbes Strengthen Diet Preference

Drift of the gut microbial communities influenced Yangtze sturgeons’ preference for a natural diet or formula diet. Gut microbes can impact hosts’ diet preferences and then shape host fitness-related behavior (Alcock et al., 2014; Wong et al., 2017; Akami et al., 2019; Murgier et al., 2019; Patnode et al., 2019). In the current study, at 1 mph, the natural diet group was fed earthworms, and the formula diet group began to transition from earthworms to a formula diet. The mismatch between diet provision and diet preference driven by gut microbes was not very strong, so there were similar growth characteristics between he two groups at 1 mph (Table 1). At 2 and 3 mph, the formula diet group was fed only the formula diet, and the gut microbial communities had not evolved to an optimal assemblage matching the new diet. The mismatch between diet preference and diet provision was substantial, which caused the formula diet group to have significantly lower growth characteristics than the natural diet group (Table 1). After more than 5 months of adjustment, along with the gut microbial communities of the formula diet group evolving to the optimal assemblage for the formula diet, at 7 and 9 mph, the individuals of the formula diet group displayed better growth efficiency, and the previously significant difference in growth characteristics between the natural diet group and formula diet group vanished (Table 1). In other words, under training with different diets, the gut microbial communities in the two groups drifted to different assemblages that supported different diet preferences and matched the different diet provisions. This finding indicated that the gut microbial community impacted diet preference, the mismatch between gut microbial communities and diet provision hampered individuals’ fitness, and the adjustment between gut microbial communities and diet provision supported individuals’ fitness. This finding provides a framework for understanding why 30–40% of the adult individuals of the natural diet group starved to death when fed a formula diet (Du, 2014).



Prerelease Diet Preference Impacts Postrelease Fitness

Prerelease diet preference impacted the postrelease survival rates and fitness of Yangtze sturgeon. After more than five months of adjustment to diet transformation, at 7 mph, there was no significant difference in growth characteristics between the natural diet group and the formula diet group (Table 1), which indicated that the individuals of the natural diet group were suited to the natural diet and that the individuals of the formula diet group were suited to the formula diet. As the diets provided in the natural environment were more similar to the natural diet than to the formula diet, the individuals in the natural diet group had a higher survival rate and better growth characteristics after release than did those in the formula diet group (Table 1). At the same time, as the diet provisions in the natural environment was different from that in the artificial environment, the released individuals had lower growth characteristics than the artificially fed individuals in both groups (Table 1). This result indicated that the mismatch between prerelease diet preference and postrelease diet provision caused low individual fitness, with greater mismatch causing lower fitness. This is why the survival of reintroduced adults was lower than the survival of adults in the source and control populations and the F1-generation offspring of reintroduced animals survived at rates similar to those of individuals in the source and control populations (Cayuela et al., 2019). The mismatch between the gut microbial community and diet provision was strong enough to have an effect in reintroduced adults but weak enough to go unnoticed in the F1-generation offspring of reintroduced animals.



The Natural Diet Group Paid a Lower Cost to Adjust Their Gut Microbes to the Natural Environment

To adapt to the natural environment, the formula diet group paid a higher cost for transforming the prerelease gut microbial community into a new optimal assemblage than did the natural diet group. As the gut microbial community impacted host diet preference, to match the diet provision in the natural environment, the gut microbial communities of released individuals needed to gradually evolve into a new optimal assemblage from the prerelease gut microbial community. Because the natural diet was more similar to the diet provision in the natural environment than was the formula diet, the similarity (coverage) of gut microbial communities between prerelease individuals and recaptured surviving individuals was higher in the natural diet group than in the formula diet group (Figure 5). This result indicated that the natural diet group more easily adapted to the environmental change caused by release than did the formula diet group.



Improvement in Diet Training Depends on the Diet Chosen and Training Time

Better diet training is possible if better diets are chosen with suitable training times. Because the diet provisions in the artificial environment and the natural environment were different, after being released into the natural environment, all individuals needed to adjust their gut microbial communities and diet preferences in order to adapt to the new diet provision. Then, there was an obvious difference in the gut microbial community between prerelease individuals and recaptured individuals (Figure 5 and Supplementary Figures SI3_1, 2, 3). The postrelease mortality rates were 38.33% (in the natural diet group) and 46.67% (in the formula diet group). The growth characteristics of the individuals living in the artificial environment were better than those of the recaptured individuals that had survived post release (Table 1). Using diets that are similar to the diet provision in natural environments to train individuals before release and construct suitable gut microbial communities matching natural environments would be helpful. Because natural populations of juvenile Yangtze sturgeon feed on aquatic oligochaetes, aquatic dipteran larvae, cladocerans, and copepods, and adult Yangtze sturgeon feed on benthic invertebrates and small fishes (Du, 2014), the diet assemblages for training Yangtze sturgeon individuals before release should be more diverse than earthworms. Moreover, a suitable training time that could allow the formation of suitable gut microbial communities is also valuable. For Yangtze sturgeon, because the results showed that the fitness (coverage) of gut microbial communities for release was appropriately 50% after 7 months of natural diet training and would continue to increase after 7 months of natural diet training (Figure 5), we suggest that more than 7 months of natural diet training after hatching would be suitable.



Improvement in the Reintroduction Effect Requires Improvement in the Source Population With Diet Training

To improve the reintroduction effect, a viable optimal source population is needed. As approximately one-third of postrelease mortality takes place within the first month after release (Tavecchia et al., 2009), short-term postrelease survival is crucial for the success of reintroduction projects (Armstrong and Seddon, 2008; Bertolero et al., 2018; Cayuela et al., 2019). Starvation has been implicated as a significant source of mortality in the first weeks to months in reintroduced captive carnivores (Jule et al., 2008; Kemp and Roshier, 2016; Berger Tal et al., 2019). Better diet training could improve reintroduced individuals’ foraging behavior and thereby improve short-term postrelease survival (Whiteside et al., 2015; Berger Tal et al., 2019). As diet training can adjust hosts’ gut microbes, impact hosts’ diet preference, and then influence short-term postrelease survival rates, for better reintroduction effects, improved source populations with improved diet training are needed. Improved diet training requires diets that are similar to the diet provision in the natural ecosystem and a suitable training time. For Yangtze sturgeon, although prerelease individuals of the natural diet group exhibited high similarity to recaptured individuals at both 1 and 7 mph (Figure 5), we suggest that more than 7 months of natural diet training after hatching is more suitable for release, as populations with larger individuals exhibit a higher survival rate after reintroduction into the natural environment (Sarrazin and Legendre, 2000; Svåsand et al., 2000). Because a relationship between diet (preference) and gut microbes is common in animals from insects (such as Drosophila melanogaster) to mammals (such as Homo sapiens) (Wong et al., 2017; Akami et al., 2019; Liu et al., 2019; Murgier et al., 2019; Patnode et al., 2019), our hypothesis applies to other animals. Therefore, we encourage further experiments aiming to formulate improved diet training protocols with optimal diets and training times for reintroduction projects of other animals.



CONCLUSION

Starvation is a significant source of mortality in captive-bred carnivores after release, and prerelease diet training could improve short-term postrelease survival. Understanding the mechanism of diet training effects is crucial for successful reintroduction projects. In this manuscript, we explore the mechanism by which diet training influences short-term postrelease fitness and survival. Diet training adjusts host gut microbes, which then impact host diet preference. Prerelease diet preference impacts host postrelease fitness, which then impacts postrelease survival rates. Thus, we propose that better diet training leads to a more suitable gut microbial community for release, followed by better postrelease fitness and ultimately better reintroduction effects. Better diet training of a prerelease source population requires (1) the use of better diet assemblages that are similar to the diet provision in natural environments and (2) a more appropriate training time that is long enough to ensure that the host gut microbes form a suitable assemblage for the natural environment.
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Captivity is an important measure for conservation of an endangered species, and it is becoming a hot topic in conservation biology, which integrates gut microbiota and endangered species management in captivity. As an ancient reptile, the crocodile lizard (Shinisaurus crocodilurus) is facing extreme danger of extinction, resulting in great significance to species conservation in the reserve. Thus, it is critical to understand the differences in gut microbiota composition between captive and wild populations, as it could provide fundamental information for conservative management of crocodile lizards. Here, fecal samples of crocodile lizards were collected from two wild and one captive populations with different ages (i.e., juveniles and adults) and were analyzed for microbiota composition by 16S ribosomal RNA (rRNA) gene amplicon sequencing. This study showed that the lizard gut microbiota was mainly composed of Firmicutes and Proteobacteria. The gut microbiota composition of crocodile lizard did not differ between juveniles and adults, as well as between two wild populations. Interestingly, captivity increased community richness and influenced community structures of gut microbiota in crocodile lizards, compared with wild congeners. This was indicated by higher abundances of the genera Epulopiscium and Glutamicibacter. These increases might be induced by complex integration of simple food resources or human contact in captivity. The gut microbiota functions of crocodile lizards are primarily enriched in metabolism, environmental information processing, genetic information processing, and cellular processes based on the Kyoto Encyclopedia of Genes and Genomes (KEGG) database. This study provides fundamental information about the gut microbiota of crocodile lizards in wild and captive populations. In the future, exploring the relationship among diet, gut microbiota, and host health is necessary for providing animal conservation strategies.

Keywords: Shinisaurus crocodilurus, gut microbiota, age, captive population, wild population, wild animal conservation


INTRODUCTION

Bringing animals into captivity and maintaining breeding populations in natural reserves is an important measure undertaken to protect the declining biodiversity of endangered species (Redford and Mcaloose, 2012). For example, the crested ibis Nipponia nippon was once thought extinct before seven individuals were rediscovered in 1981. After captive breeding, the individual number increased to more than 200, including 130 in captivity by 2000 (Xi et al., 2002). Meta-analysis of marine reserves indicates that there are 3.7 times more fish populations inside the reserves than outside (Mosquera et al., 2000). Furthermore, the panda reserve system in China provides one of the highest biodiversity among temperate regions worldwide (Mackinnon, 2008; Li and Pimm, 2016). Given the control of fundamental information of species and scientific management by the scientific community, capacity and breeding populations in natural reserves can effectively manage and conserve endangered species and their biodiversity (Ebenhard, 1995).

The crocodile lizard (Shinisaurus crocodilurus Ahl, 1930) is a monotypic species in the genus Shinisaurus and monotypic family Shinisauridae, which is remnant of an ancient lineage from the Pleistocene with around 200 million years of history (Zhao et al., 1999). Because of their narrow distribution, small population, being heavily hunted, and environmental changes, it is listed as a class I protected species in China. The International Union for Conservation of Nature (IUCN) Red List of Threatened Species also list S. crocodilurus as an endangered species (Nguyen et al., 2014). What is more, it was listed as appendix I species (CITES I) by the Convention on International Trade in Endangered Species of Wild Fauna and Flora (Schingen et al., 2016). Consequently, the current captive reserve is one of the most effective protection strategies for crocodile lizards (Huang et al., 2008; Van Schingen et al., 2015).

During capacity, the fundamental information of crocodile lizard, including its genetic classification (Huang et al., 2014, 2015), morphological structure (Conrad, 2006), habit distribution (Wu et al., 2012; Huang et al., 2014), and artificial breeding (Wang et al., 2008; Yu et al., 2009), has been revealed gradually. These studies have provided great information about crocodile lizards for captive breeding and conservation. However, like other captive species, some serious challenges are posed by the crocodile lizards during capacity in the nature reserves (Snyder et al., 1996). For example, the captive population has been plagued by various unknown diseases, nutritional deficiency, and low reproductive rates (Jiang et al., 2017).

In recent years, with rapid development of high-throughput sequencing, an increasing number of studies interpreted the health and nutritional utilization of animals by integrating the relationships between bacteria in gastrointestinal tracts and the animals themselves (Mcfall-Ngai et al., 2013). For instance, the host’s genotype (Kovacs et al., 2011; Goodrich et al., 2014), age (Elena et al., 2010; Yatsunenko et al., 2012; Jian et al., 2015), health (Dethlefsen et al., 2007), dietary composition (Castillo and Martín, 2007; David et al., 2013; Zhang et al., 2014), and even social interaction (Lombardo, 2008) can determine the gut microbial composition of animals. Meanwhile, the composition of the gut microbiome in an animal can affect its health status (Clemente et al., 2012; Martín et al., 2014), metabolism (Ramakrishna, 2013), immunity (Thaiss et al., 2016), and coevolution of the host (Ley et al., 2008; Moeller et al., 2016). Thus, promoting the conservation of endangered species by studying gut microbiota has been receiving increasing attention and has become a hot topic of conservation biology (e.g., Zhu et al., 2011; Wu et al., 2017). With limited studies conducted on the lizard gut microbiota, factors such as diet (Hong et al., 2011; Jiang et al., 2017), gender (Martin et al., 2010), adaptation (Ren et al., 2016), captive breeding (Kohl and Dearing, 2014; Kohl et al., 2017), and even climate change (Bestion et al., 2017) have been demonstrated to affect the gut microbiota.

As the gut microbiota is tightly associated with host health and physiology, it is critical to understand the differences in gut microbiota composition in crocodile lizards between captive and wild populations during the processes of conservation. It remains unknown whether captivity can influence gut microbiota and thus influence animal health. This comparison is not only important to understanding the gut microbiota variation but also critical to providing conservation insight into endangered species conservation in captivity. In addition, captive conservation should be related to multiple stages of life history, including adults and juveniles. In particular, juveniles are more vulnerable to challenges currently confronting captive crocodile lizards (i.e., diseases and nutritional deficiency). It has been known that age-dependent gut microbiota is important to digestibility and consequently to conservation efforts (Redford and Mcaloose, 2012; Jian et al., 2015). Therefore, in order to explore whether the gut microbiota composition of the crocodile lizard varies along ages and captive environment, it is necessary to analyze its composition of gut microbiota between captive and wild environments, as well as between juveniles and adults.

Here, fecal samples of crocodile lizards with different ages were collected from captive and wild populations. We aimed to determine variations in gut microbiota of crocodile lizards between wild and captive environments, as well as between juveniles and adults, using 16S ribosomal RNA (rRNA) gene sequencing of gut microbiota. In addition to promoting the conservation of this endangered species, it provides further insight into the ecological and evolutionary relationship between reptiles and their gut microbiota.



MATERIALS AND METHODS


Sample Collection

Fecal samples of 31 crocodile lizards were collected from Guangxi Daguishan S. crocodilurus National Nature Reserve, Guangxi Province, China. These 31 crocodile lizards were from the Yusan stream (N = 10), Dachai stream (N = 10), and captive populations (N = 11), respectively (Figure 1). For each population, fecal samples from both juveniles and adults were collected according to body sizes, respectively. The snout-vent lengths (SVLs) were 161.46 ± 1.98 (151–173) and 106.70 ± 1.69 (98–117) mm, and body masses (BMs) were 90.45 ± 3.89 (63.5–112.7) and 29.89 ± 1.41 (20.7–36.9) g for adults and juveniles, respectively. According to the location and age of the crocodile lizards, the fecal samples were from one of six groups: adults in the wild population of Yusan stream (WY1, N = 4), juveniles in the wild population of Yusan stream (WY2, N = 6), adults in the wild population of Dachai stream (WD1, N = 6), juveniles in the wild population of Dachai stream (WD2, N = 4), adults in the captive population (C1, N = 6), and juveniles in the captive population (C2, N = 5) (see details in Supplementary Table S1). The Yusan and Dachai streams are two independent wild ravine streams in the Crocodile Lizard National Nature Reserve (Figure 1). It is plausible that the crocodile lizards of Yusan and Dachai streams are independent from each other without population communication because of the limited dispersal ability and small home range of crocodile lizards and the isolation of the two streams. During collection, the diet type of two wild populations was randomly investigated. All fecal samples were collected directly without touching anything (Wang et al., 2016a). After collection, the fecal samples were transported back to the laboratory in Beijing with sterile containers. The fecal samples were stored in a −80°C refrigerator before DNA extraction.
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FIGURE 1. Location of Yusan stream population (WY), Dachai stream population (WD), and captive population (C) in the Crocodile Lizard National Nature Reserve.




Extracting DNA, PCR Amplification, and Sequencing

All DNA extraction and sequencing were conducted by Novogene Corporation (Beijing, China) with established protocols. In brief, cetyltrimethyl ammonium bromide (CTAB)/sodium dodecyl sulfate (SDS) method was employed for total DNA extraction from the lizard fecal samples. Then, 1% agarose gels was used for concentration and purification of DNA. After, DNA were diluted to 1 ng/μL with bacteria-free water before bacteria 16S rRNA amplification. Barcodes of 341F (5′-CCTAYGGGRBGCASCAG-3′) and 806R (5′-GGACTACNN GGGTATCTAAT-3′) were the primers for amplification of the V3–V4 region of the bacteria 16S rRNA gene. Thermal cycling conditions of the PCR assay were as follows: 1 min initial denaturation at 98°C, 30 cycles of 10 s denaturation at 98°C, 30 s annealing at 50°C, finally 30 s elongation at 72°C, and a final extension at 72°C for 5 min. A 30-μL reaction system was used for PCR products, which contained 10 ng template DNA, forward and reverse primers (0.2 μM), and 15 μL Phusion® High-Fidelity PCR Master Mix (New England Biolabs, United Kingdom). The GeneJETTM Gel Extraction Kit (Thermo Scientific, United States) was used for sufficient mixture and purification of the obtained amplification products. Then, with Ion Plus Fragment Library Kit (Thermo Scientific, United States), the sequencing libraries were established according to published protocols of the kit. After establishment, the libraries were measured on the Qubit® 2.0 Fluorometer (Thermo Scientific, United States). After, an Ion S5TM XL platform was used to sequence the library, with 400/600 bp single-end reads generated. Obtained raw sequences were submitted to the National Center for Biotechnology Information (NCBI) Bioproject database (accession number PRJNA594801) (See details in Supplementary Data Sheet 1).



Data Analysis


Clean Raw Data

The tags of raw sequences were filtered using Cutadapt (V1.9.11) (Martin, 2011). All sequences were compared on UCHIME algorithm to find out chimera sequences (UCHIME Algorithm2) (Edgar et al., 2011), with Silva database as reference (Silva database3) (Quast et al., 2013). After filtering out all low-quality and chimera sequences, the remaining clean reads were obtained.



OTU Production

Sequences were assigned with similarity no less than 97% (i.e., ≥97%) to the same operational taxonomic units (OTUs) using Uparse (Uparse v7.0.10014) (Edgar, 2013). For each OTU, we searched the Silva Database5 to annotate screened representative sequence with threshold 0.8 using RDP Classifier 2.2 (Wang et al., 2007; Quast et al., 2013).



Data Normalization

In order to compare different samples, the number of the samples with the lowest counts was used to normalize the OTU abundance information. The rarefaction curves of observed species were calculated to assess the sufficiency of current depth of sequencing, in yielding a stable estimate of the species richness. Whether the bacterial diversity in the 31 fecal samples represents the overall bacterial diversity in the gastrointestinal tract of the crocodile lizard was determined with a species accumulation box plot.



Alpha and Beta Diversity Estimation

The observed-species index and Simpson index was calculated with QIIME V1.7.0 to estimate alpha diversity for each fecal sample of crocodile lizard (Caporaso et al., 2010), which were indicators in community richness and community evenness identifications, respectively. Then, the Mann–Whitney U-test was performed to detect differences in alpha diversity indices between two independent groups.

For the beta diversity metrics, principal component analysis (PCA) and analysis of similarities (ANOSIM) were conducted to determine the communities and structure of the gut microbiota among groups. PCA, which is based on the OTU level, can intuitively present the differences among groups on a two-dimensional graph. Notably, ANOSIM based on the Bray–Curtis distances, considered both flora types and the relative abundance of microbes.

The differential abundances were compared at family and genus levels of bacteria among groups using LEfSe analysis to identify microbes accounting for the effect of captivity or age. Thereafter, a set of pairwise tests was used to investigate biological consistency among subgroups. The linear discriminatory analysis (LDA) was also performed to evaluate the effect size of each selected classification. In this study, only bacterial taxa with a log LDA score more than 4 (more than four orders of magnitude) were used (Segata et al., 2011).



Functional Classification

Functional prediction of the sequences among groups was conducted for classification. In brief, PICRUSt was utilized to search the protein sequences of the predicted genes in the Kyoto Encyclopedia of Genes and Genomes (KEGG) database with E value < 1E-5. These genes were assigned to KEGG pathways (Langille et al., 2013). Then, relative abundance in each group was counted. The unique and shared genes between populations were also plotted by Venn diagram. A heatmap was used to show genes with high expression.





RESULTS


Food Composition of Wild and Captive Populations

The primary food types of Yusan and Dachai stream populations were similar, mainly consisting of earthworm, centipede, and larvae of lepidopteran, which comprised around 70% of the food availability. In contrast, the earthworm is the only food type for captive crocodile lizards during breeding (Table 1).


TABLE 1. Primary food types of wild and captive crocodile lizards.
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General Analyses of the Gut Microbial Community Structure

The bacterial composition of 31 crocodile lizard fecal samples was analyzed (Supplementary Table S1). The average effective sequences of 31 samples were 52,342 (Supplementary Figure S1). The estimates of species richness were stable and unbiased according to the rarefaction curves (Supplementary Figure S2). The species accumulation boxplot indicated that the sample size was sufficient and greatly saturated the bacterial diversity found under this condition (Supplementary Figure S3).

The total sequences of crocodile lizards were classified into five major phyla (Figure 2A), Firmicutes, with the relative abundance of 61.2%, holding the overwhelming predominance. Proteobacteria (35.8%), Actinobacteria (1.4%), Fusobacteria (1.0%), and Bacteroidetes (0.5%) were the other four major phyla. Totally, these five most dominant phyla contributed more than 99% abundance across all the samples. At the family level, the top 10 families are listed (Figure 2B). The most abundant taxa were Peptostreptococcaceae (25.5%), Clostridiaceae_1 (25.3%), Enterobacteriaceae (25.0%), and Moraxellaceae (9.3%). In addition, the top 30 genera are also listed (Figure 2C). The gut microbiota of all these crocodile lizards was dominated by Clostridium sensu_stricto 1 (21.0%), Citrobacter (14.8%), Paraclostridium (14.3%), Acinetobacter (9.3%), and Romboutsia (9.1%).
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FIGURE 2. Composition of the gut microbiota of each sample at the (A) phylum, (B) family, and (C) genus levels. Different colors in the figures indicate the different groups, and details are shown on the right sides of each figure, respectively. Details of sample names are shown in Supplementary Table S1. In each panel, “Others” represented the sum of the relative abundances of all other phylum (A), families (B), and genus (C) except the items listed in the figure.




Comparison of Gut Microbial Community Structure Between Age or Populations

First, the gut microbial diversity was compared between adult and juvenile crocodile lizards within each population, respectively. No significant difference between the adult and juvenile individuals was identified in terms of community richness (Figure 3A), community evenness (Figure 3B), or community composition (Figure 4) (all P > 0.05). ANOSIM also indicated similarity between adult and juvenile individuals in each population (all P > 0.05) (Figure 5). Integrated in the results of alpha and beta diversity analyses, the gut microbiota of adults and juveniles within each population were highly similar, respectively. Therefore, adults and juveniles from each population were combined as available individual candidates to compare the variation in gut microbiota at the population level. Accordingly, data analysis was reconducted and recalculated to elucidate the difference in alpha diversity and beta diversity using population as main factor. The results indicated that the community richness of the captive population was clearly higher than wild populations of Yusan stream (Z = −3.170, P < 0.05) and Dachai stream (Z = −3.239, P < 0.05), but no significant difference was detected between two wild populations (Z = −1.362, P = 0.173) (Figure 3A). After combination of two wild populations, a significant difference was detected between wild and captive populations in community richness (Z = 2.412, P = 0.016) (Figure 6A). However, no significant difference was detected between wild and captive populations in the community evenness (Z = 0.949, P = 0.343) (Figure 6B). With regard to beta diversity, the results of the PCA plot and ANOSIM showed significant differences between the captive population and two wild populations, respectively (C-WY, R = 0.2935, P < 0.05; C-WD, R = 0.2929, P < 0.05), with similarity between two wild populations (R = 0.08122, P = 0.128) (Figure 4).
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FIGURE 3. The alpha diversity of the gut microbial composition, shown by observed species index (A) and Simpson index (B) among populations. WY indicates wild population of Yusan stream, WD indicates wild population of Dachai stream, and C indicates captive population. Data are expressed as mean ± SEM.



[image: image]

FIGURE 4. The beta diversity of the gut microbiota composition of two wild populations and captive population. Principal component analysis (PCA) was performed. The variation explanation is indicated on each axis, respectively.
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FIGURE 5. Analysis of similarity between adults and juveniles of (A) captive, (B) WD, and (C) WY populations. (A) C1 and C2 indicate the adults and juveniles of captive population, (B) WD1 and WD2 indicate the adults and juveniles of wild Dachai population, and WY1 and WY2 indicate the adults and juveniles of wild Yusan population, respectively. Data are expressed as mean ± SEM. Statistical significance is defined as α < 0.05.
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FIGURE 6. The alpha diversity of the gut microbial composition, shown by observed (A) species index and (B) Simpson index between wild and captive populations. “Wild” indicates combination of wild populations from Yusan and Dachai streams, and “Captive” indicates captive population. Data are expressed as mean ± SEM.


A comparison of the gut microbiota between the wild and the captive populations showed in wild populations, the composition of the gut microbiota mainly includes Firmicutes (60.1%), Proteobacteria (37.6%), Fusobacteria (1.4%), Bacteroidetes (0.7%), and Actinobacteria (0.2%) at the phyla level; Peptostreptococcaceae (28.3%), Enterobacteriaceae (27.9%), Clostridiaceae_1 (22.4%), and Moraxellaceae (8.0%) at the family level; and Clostridium_sensu_stricto_1 (18.7%), Paraclostridium (17.2%), Citrobacter (16.4%), Romboutsia (9.7%), and Acinetobacter (8.0%)at the genus level. In the captive population, the composition of the gut microbiota mainly include Firmicutes (64.2%), Proteobacteria (31.6%), Actinobacteria (3.9%), and Bacteroidetes (0.2%) at the phyla level; Clostridiaceae_1 (29.3%), Peptostreptococcaceae (22.7%), Enterobacteriaceae (19.0%), and Moraxellaceae (11.6) at the family level; and Clostridium_sensu_stricto_1 (24.0%), Paraclostridium (11.7%), Citrobacter (11.7%), Acinetobacter (11.6%), and Romboutsia (7.9%) at the genus level.



LEfSe Analysis of the Differential Microbes Between Captive and Wild Populations

The LEfSe analysis indicated that five genera and three families were enriched differently in captive and wild populations. In contrast to wild populations, the gut microbiota of captive crocodile lizards showed significantly higher abundances in genera Epulopiscium and Glutamicibacter, and in families Lachnospiraceae and Micrococcaceae (Figure 7).
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FIGURE 7. Differences in bacterial taxa among populations determined by linear discriminative analysis of effect size (LEfSe). The highlighted taxa were significantly enriched in the group that corresponds to each color. Linear discriminatory analysis (LDA) scores can be interpreted as the degree of difference in relative abundance. The letters “g” and “f” indicate genus and family, respectively.




Functional Predictions of Gut Microbiota Between Captive and Wild Populations

16S RNA of gut microbiota from 31 fecal samples were predicted into three levels in functional categories. At the top level, metabolism, environmental information processing, genetic information processing, and cellular processes were four primary categories (Figure 8A); at the second level, membrane transport, carbohydrate metabolism, amino acid metabolism, replication and repair, cellular processes and signaling, energy metabolism, translation, metabolism of cofactors and vitamins, and nucleotide metabolism were the primary functions (Figure 8B); while at the third level, transporters, ATP-binding cassette (ABC) transporters, and transcription factors were the primary functions (Figure 8C).


[image: image]

FIGURE 8. Functional classifications of 16s RNA in microbiota at (A) top level, (B) second level, and (C) third levels of relative abundance, and (D) Venn and (E) clusters analysis of functions between captive and wild populations. C indicates captive population, WD indicates wild Dachai population, and WY indicates wild Yusan population, respectively.


Venn diagram of shared genes indicated that most of the knockouts (KOs) were common in captive and two wild populations, while 236 KOs were exclusive to the captive population (Figure 8D). Heatmap of the cluster indicated that at the top level, the KOs of captive population were enriched in environmental information processing, metabolism, and organismal systems (Figure 8E). However, no significant differences among groups were found after statistical analysis (minimum P = 0.270).




DISCUSSION

Firmicutes and Proteobacteria were two major gut microbiotas in crocodile lizard, while Actinobacteria, Fusobacteria, and Bacteroidetes were minor gut microbiotas. Like other studies, Firmicutes and Proteobacteria are two of the most important types of gut microbiota in numerous vertebrate species (Xenoulis et al., 2010; Waite et al., 2012; Wang et al., 2016b). Phylum Firmicutes (33.2–73%) have been documented as the dominant gut microbiota in lizards, while Proteobacteria (5.7–62.3%) and Bacteroidetes (6.2–45.7%) were varied among host species (Nelson et al., 2010; Hong et al., 2011; Ren et al., 2016; Kohl et al., 2017). In addition, the gut microbiota is similar to lizards in other reptile categories (Costello et al., 2010; Colston et al., 2015; Yuan et al., 2015). Interestingly, previous study on gut microbiota of crocodile lizards in wild and captive populations reported that Proteobacteria and Bacteroidetes were primary, while the proportion of Firmicutes is lower than was detected in this study (Jiang et al., 2017). The potential reason for the discrepancy between the two studies could be the sampling methods used. Jiang et al. (2017) used cloacal swabs for sampling, whereas fecal sampling was utilized in the present study. It has been demonstrated that the fecal communities were largely similar to hindgut microbial communities in lizards, thus becoming an acceptable indicator in the gut region for microbial diversity (Kohl et al., 2017). The communities of cloacal swabs have clear microbial community characteristics, especially in terms of community members, from the communities of large intestine (Colston et al., 2015). Therefore, different sampling methods may lead to variation in gut microbiota. Given that, based on the previous study (Jiang et al., 2017), we provided further understanding of gut microbiota in the crocodile lizards.

The effects of age in crocodile lizards on the gut microbiota were revealed to be trivial, either in the captive or in the wild environments (Figure 5). This may be largely due to the fact that adult and juvenile crocodile lizards of each population live in the same environmental conditions, and food intake is identical accordingly. In the wild, earthworm is a conservatively primary food resource for crocodile lizards (Ning, 2007). In contrast, comparing with the microbial communities of adults, juveniles are usually different, as they are greatly dependent on environments and resources. The difference in environmental dependence of gut microbiota along ontogeny implies more self-governing in adults after maturation (Trosvik et al., 2010; Burns et al., 2016). The crocodile lizard survives independently after birth, so the gut microbiota of juvenile individuals may be similar to adults. In addition to the neutral effect of age on gut microbiota, the gut microbiota did not differ in two wild populations. This similarity is accompanied with homologous food composition between two wild populations (Table 1); however, they are isolated. In the field, diet may be one of the most important factors affecting the composition of the gut microbiota of wild animals (Wu et al., 2011; David et al., 2013). In the future, it would be interesting to reveal the effect of ontogeny on gut microbiota variation in crocodile lizard, which could provide more insight.

Most interestingly, the captive population was found to modify the community structure and had higher community richness than the two wild populations (Figure 6A). This study found a contrasting pattern to those studies that demonstrated lower microbial diversity in animals under captivity (Kohl and Dearing, 2014; Kohl et al., 2014) or those that found similar gut microbiota between wild and captive lizards (Wang et al., 2016c; Kohl et al., 2017). Although a number of studies have demonstrated that the gut microbiota of animals in captive are different from congeners in the wild (Villers et al., 2010; Xenoulis et al., 2010; Wienemann et al., 2011; Nelson et al., 2013), captive population is seldom detected to have higher community richness than wild populations. It might be led by different food composition between captive and wild populations (Table 1). The food types are more diverse in wild environments than in captive environments for crocodile lizards. Diet is one of most important factors that affect the assembly of gut microbiota (Muegge et al., 2011; Carmody et al., 2015; Pérez-Cobas et al., 2015). However, most of the studies indicated positive relationships between food and gut microbiota diversities (e.g., Laparra and Sanz, 2010; Li et al., 2016). In contrast, captive crocodile lizard has an opposite pattern. The underlying mechanisms are still largely unknown. Future studies with food type manipulations would be helpful to reveal their relationships.

In captivity, constant cohabitation, social interaction, and interaction with human keepers provide increased opportunities for transmission of microbiota from host-associated sources, which are capable of colonizing the animals. This, in turn, may contribute to the increased community richness in the gut microbiota of the captive animals (Nelson et al., 2013). In this study, the captive lizards had higher abundances of families Lachnospiraceae and Micrococcaceae and genera Epulopiscium and Glutamicibacter than wild lizards. Among them, Lachnospiraceae (phylum Firmicutes, order Clostridiales) is typically abundant in the digestive tracts of humans, ruminants, and many other mammals (e.g., Gosalbes et al., 2011; Sandra et al., 2013). Lachnospiraceae has been demonstrated to be related with the production of butyrate, which is necessary to sustain the health of colonic epithelial tissue (Duncan et al., 2002). The captive population of crocodile lizard has more opportunities in contacting with humans, by frequent feeding, cleaning of the breeding pond, examination of diseases, etc., which may result in colonization of the Lachnospiraceae bacteria from human. However, whether the increase in Lachnospiraceae in abundance has a positive impact on the captive population is still unclear, even though some functional categories for genes of gut microbiota were found in this study in wild and captive populations. More exclusive KOs were found in captive population (Figure 8D), but no significant difference in functions was found. In the future, whole genome sequencing of gut microbiota in crocodile lizards may be helpful at revealing the functions underlying gut microbiota difference between captive and wild populations.

These captivity-related changes in gut microbial communities may have implications for the health of the captive animal and thus determining the success of species conservation (Redford and Mcaloose, 2012). Thus, understanding the effect of the captivity on the composition of gut microbiota is important to provide breeding environments for the health management of the endangered species. This is important, as the composition of the gut microbiome of animals could have long-term effect on their health status and immunity (e.g., Clemente et al., 2012; Martín et al., 2014; Thaiss et al., 2016). It was speculated that the increase in the abundance of these specific bacteria in the captive population may be one of the reasons that affect the survival status of the crocodile lizards. However, the actual relationship in Lachnospiraceae by contacting between lizards and humans, and potential function of Lachnospiraceae on lizards’ conditions have not been determined to date. Prospectively, the necessity to take actions is recommended in order to minimize the direct contact between human managers and crocodile lizards, including wearing gloves and protection suits during operation on lizards, or sterilizing the equipment used for lizards breeding before operations. Future studies should be centered on the functional interaction between gut microbiota and animals to reveal the functional significance of different richness, as well as the effects of human contact.



CONCLUSION

This study revealed the similarity of gut microbiota between adult and juvenile crocodile lizards, both in the captive and wild environments as well as between two wild populations. Interestingly, a significant effect of captivity was found on the composition of gut microbiota of the crocodile lizard, mainly reflected in the increase in community richness and community structure change. After comparison, it was speculated that the gut microbiota variation in captive population might be from human contact. Although the functions are unclear, it was recommended that minimal direct contact was crucial for the health of wild animals between crocodile lizards and human managers in captive environment.
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Differences in salinity are boundaries that act as barriers for the dispersal of most aquatic organisms. This creates distinctive biota in freshwater and brackish water (mesohaline) environments. To test how saline boundaries influence the diversity and composition of host-associated microbiota, we analyzed the microbiome within the digestive tract of Theodoxus fluviatilis, an organism able to cross the freshwater and mesohaline boundary. Alpha-diversity measures of the microbiome in freshwater and brackish water were not significantly different. However, the composition of the bacterial community within freshwater T. fluviatilis differed significantly compared with mesohaline T. fluviatilis and typical bacteria could be determined for the freshwater and the mesohaline digestive tract microbiome. An artificial increase in salinity surrounding these freshwater snails resulted in a strong change in the bacterial community and typical marine bacteria became more pronounced in the digestive tract microbiome of freshwater T. fluviatilis. However, the composition of the digestive tract microbiome in freshwater snails did not converge to that found within mesohaline snails. Within mesohaline snails, no cardinal change was found after either an increase or decrease in salinity. In all samples, Pseudomonas, Pirellula, Flavobacterium, Limnohabitans, and Acinetobacter were among the most abundant bacteria. These bacterial genera were largely unaffected by changes in environmental conditions. As permanent residents in T. fluviatilis, they may support the digestion of the algal food in the digestive tract. Our results show that freshwater and mesohaline water host-associated microbiomes respond differently to changes in salinity. Therefore, the salinization of coastal freshwater environments due to a rise in sea level can influence the gut microbiome and its functions with currently unknown consequences for, e.g., nutritional physiology of the host.
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INTRODUCTION

Salinity is among the most important environmental factors that determine the composition of aquatic microbial communities (Crump et al., 2004; Herlemann et al., 2011). A global-scale meta-analysis of samples from different habitats suggested that salinity is the major determinant of bacterial communities (Lozupone and Knight, 2007). Salinity also has a strong influence on the diversity of macrozoobenthic organisms (Remane, 1934). The gastropod Theodoxus fluviatilis is a widely distributed snail typically found in rivers and lakes as well as in brackish water in the coastal regions of Europe (Bunje, 2005). T. fluviatilis has the ability to live in fresh- and brackish waters up to a salinity 28 and thus are found in the western Baltic Sea (Bondesen, 1940; Zettler, 2008). The origin of the snail has been assumed to be the brackish Black Sea (Butenko, 2001).

The main food source of T. fluviatilis are diatoms (65%) (Neumann, 1959; Skoog, 1978) but also detritus (30%) and green algae (5%) (Calow, 1973; Skoog, 1978). Green algae have been considered a poor food supply for the snail because T. fluviatilis appears to lack the ability to digest cellulose (Neumann, 1961). However, previous studies have shown that many carbohydrases such as cellulase and chitinase in the digestive tract are supplied by the bacterial digestive tract community (Strasdine and Whitaker, 1963; Pinheiro et al., 2015). The gut microbiome has long been recognized as one of the most important sites of microbe/host interactions. The host protects beneficial microbes in the digestive tract and supplies them with food while the colonizing microbes provide the host with nutrients and detoxify secondary compounds within the food (Bhat et al., 1998; Dillon and Dillon, 2004). A stable gut microbiome can also protect the host from invasion by pathogenic exogenous microbes (Rolfe, 1997; Dillon and Dillon, 2004; Dong et al., 2009; Nicolai et al., 2015). Host factors that select for microbes include the host diet, anatomical structure of the gut, and the physical and chemical conditions of the digestive tract (Savage, 1977). Chemical conditions within the gut are usually kept relatively constant by the host. However, with respect to external salinity T. fluviatilis is an osmoconformer (Symanowski and Hildebrandt, 2010). Its presence in freshwater environments and brackish environments therefore also results in freshwater and brackish conditions within its digestive tract. Because salinity has a strong influence on bacterial communities, a change in salinity in the digestive tract would likely influence the bacterial community composition. Little is known about the influence of changing salinity in a host-protected system such as the digestive tract. Depending on the salinity tolerance, strict freshwater bacteria may be extinguished while saline tolerant bacteria may survive and marine bacteria could immigrate. Salinity shifts therefore also favors habitat generalists with a broad salinity tolerance (Székely and Langenheder, 2014). However, because T. fluviatilis is also highly abundant at mesohaline conditions, the gut microbiota of the snail must be able to cope with a change in salinity. Characterizing the responses to changing salinities within host associated microorganisms will help us understand how changing environmental conditions can influence the host-protected microbiome and reveal the mechanisms of host–microbiome interactions.

The main aim of this study was to determine if the host is able to maintain the original bacterial community and its functions during a shift to different salinities. To address this, we used a full-factorial design where T. fluviatilis obtained from freshwater was exposed to high salinities and T. fluviatilis obtained from mesohaline water was exposed to freshwater and polyhaline salinities. The response of the bacterial community in respect to their ambient state was monitored by 16S rRNA gene analysis. Our hypotheses were (1) T. fluviatilis obtained from different salinities have significantly different bacterial community compositions; (2) a hyperosmotic and hypoosmotic shift results in a change of the bacterial community toward brackish and freshwater bacterial communities, respectively; and (3) a set of core microorganisms (“core microbiome”) remains after a shift in salinity.



MATERIALS AND METHODS


Sampling of Snails and Salinity Manipulations

Theodoxus fluviatilis snails were collected between July–October 2018 from three freshwater locations in Germany (Tables 1, 2 and Supplementary Figure S1). Lake Schmaler Luzin, Northern part—S1 (53°19′33″N, 13°26′28″E), Lake Schmaler Luzin, South end—S2 (53°18′01″N, 13°25′55″E), and Lake Carwitz—S3 (53°18′21″N, 13°26′48″E) and from two brackish water sites in the Baltic Sea: Ludwigsburg, Greifswalder Bodden—S5, salinity 8, (54°07′06″N, 13°28′35″E) and from Hiddensee, Vitter Bodden—S6, salinity 10 (54°34′40″N, 13°06′48″E).


TABLE 1. Overview of the freshwater sampling sites location, legend, coordinates, ambient and manipulation conditions, manipulation time, and Oligochaeta found in the shell of Theodoxus fluviatilis.
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TABLE 2. Overview of the brackish water sampling sites location, legend, coordinates, ambient and manipulation conditions, manipulation time, and Oligochaeta found in the shell of Theodoxus fluviatilis.

[image: Table 2]Collected snails were kept in 54 L aquariums filled with water sampled at the collection site for at least 24 h at room temperature. These storage aquariums were aerated and illuminated by daylight lamps (Hagen Sun Glo fluorescent tube T8; 15 W) operating in a 24 h light:dark cycle of 15:9 h. Natural food was provided by adding biofilm-covered pebbles collected at the collection sites of the snails to the aquariums.

The salinity manipulation experiments were conducted in small glass aquariums in which nine snails per aquarium were held during the transfer experiments with 1 L of water and pebbles that snails fed on for 10 days at room temperature (Table 1).

The artificial seawater (ASW) in the manipulation experiments was prepared using Tropic Marin aquarium salt (Hünenburg, Switzerland) to 10 L distilled water (Supplementary Table S1). The experimental setup consisted of control aquaria containing artificial water where the ambient salinity was adjusted (ASW control). In addition to the ASW control aquaria also in situ control (IS control) samples were prepared. For the hypo- and hyperosmotic manipulations, ASW was prepared in a stepwise manner as described in Wiesenthal et al. (2018) (Figure 1). For hyperosmotic treatment with snails sampled from freshwater, the salinity was raised from 0.5 to 18 and with snails sampled from brackish water the salinity was raised from 8 to 28 (Tables 1, 2 and Figure 1). For hypoosmotic manipulation with snails from brackish water, the salinity was decreased from 8 to 0.5. For each transfer step (Figure 1), pebbles and snails were transferred to a new clean aquarium. Water exchange took place during each transfer step of the manipulations. The salinity was constantly checked with a Vapro 5520 osmometer (Wescor Inc., Logan, UT, United States) and conductivity meter (VWR International, LLC, United States). During the experiment, the snails were checked daily for activity. They were considered to be alive, if they stuck to surfaces or movement of the foot muscle was observed. After a total of 10 days, the snails were collected from final salinities (n = 71 + in situ control n = 30, in total n = 101).
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FIGURE 1. Experimental setup scheme for the stepwise hyperosmotic and hypoosmotic manipulations (ASW = artificial seawater).


The snails were cooled to 4°C for 15 min before dissecting the gut. The shell parts were removed with forceps, and the mantel was opened to remove the gastrointestinal tract under a stereomicroscope (Supplementary Figure S2). Samples contained the whole digestive tract which consists of buccal mass, pharynx, esophagus, intestine, anus, stomach, and midgut gland. While dissecting the gastrointestinal tract, symbiotic Oligochaetes were recorded and the snail biological sex was identified (46 females, 55 males). The gastrointestinal tract was transferred into a 2 mL reaction tube containing 100–300 μL RNAlater (Qiagen). The samples were incubated for >6 h at 4°C and frozen at −20°C until use.



DNA Extraction and Sequence Processing

DNA was extracted according to the modified protocols from Weinbauer et al. (2002) and Lueders et al. (2004). Dichlorodimethylsilane treated glass beads (0.5 g diameter 0.5 mm and 3 diameter 3 mm) were added to 2 mL tubes together with the digestive tract of one snail. 750 μL 120 mM NaPO4 buffer (pH 8) and 250 μL TNS [500 mM Tris-HCl pH 8.0, 100 mM NaCl, 10% sodium dodecyl sulfate (SDS) (wt/vol)] were added and bead beat for 3 min at 2,000 r/min (Mikro-dismembrator U, B. Braun Biotech International). Following this, the samples were incubated at 65°C for 1 h followed by another round of bead beating for 3 min at 2,000 r/min. After centrifuging at 14,000 r/min for 5 min, the supernatant was transferred to a new 2 mL tube. A mixture of phenol:chloroform:isoamyl alcohol (25:24:1) at pH 8 was then added to the supernatant and carefully mixed. After centrifugation at 14,000 r/min for 5 min, the upper aqueous phase of the supernatant was placed in a new 2 mL tube and 1 vol of chloroform:isoamyl (24:1) was added and carefully mixed. After further centrifugation at 14,000 r/min for 12 min, the upper aqueous phase of the supernatant was transferred to a new 1.5 mL tube and 2 μL RNase (100 mg/mL) (Qiagen) was added and incubated at 37°C for 30 min. Ice-cold isopropanol was added to the sample and inverted a couple of times and incubated at room temperature for 15 min. After centrifugation at 14,000 r/min for 20 min, the supernatant was removed and 250 μL of 95% ethanol was added. After centrifugation at 14,000 r/min for 5 min, the ethanol was removed and the remaining pellet was dried at 50°C until the ethanol evaporated (∼5–15 min). The pellet was resuspended in 50 μL AE (10 mM Tris-Cl 0.5 mM EDTA; pH 9.0) buffer (Qiagen). Both the amount and quality of the DNA was controlled with a NanoDropTM UV–Vis spectrophotometer. For bacterial community analysis, the DNA was PCR amplified according to the protocol of Herlemann et al. (2011), using 30 cycles to amplify bacterial sequences using the primers Bakt_341F and Bakt_805R. The amplicons were purified using PCR Kleen (Bio-Rad), tags added according to the protocol provided by the sequencing company and sent to FIMM at the University of Helsinki, Finland. A total of 7,353,519 reads were generated by Illumina sequencing using PE250 chemistry.

The resulting sequences were quality checked using Trimmomatic (V0.36) to remove Illumina-specific sequences and regions with low-sequence quality (average quality score < Q20). PCR primers were removed using the default values in Cutadapt (V2.3). The reads were paired (16 bp overlap, minimum length 300 bp) and quality trimmed using the VSEARCH tool (Rognes et al., 2016). These were then taxonomically assigned using the SILVA next-generation sequencing (NGS) pipeline (Glöckner et al., 2017) based on SILVA release version 132 (Pruesse et al., 2007). SILVA NGS performs additional quality checks according to SINA-based alignments (Pruesse et al., 2012) with a curated seed database in which PCR artifacts or non-SSU reads are excluded. The longest read serves as a reference for taxonomic classification using a BLAST (version 2.2.30+) search against the SILVA SSURef dataset. The classification of the reference sequence of each cluster (98% sequence identity) is then mapped to all members of the respective cluster and to their replicates. SILVA NGS was able to classify a total of 3,881,648 high quality reads (2% were rejected by the quality control) for a 66 samples. Non/bacterial sequences such as chloroplasts, mitochondria, eukaryotes, and Archaea were excluded because the primer set employed in the analysis only has a very limited coverage of these groups resulting in 3,658,589 sequences of which 153,566 were taxonomically not assigned (“no relative”).

The raw reads were deposited at the NCBI SRA under bioproject number PRJNA587055.

For internal transcribed spacer 2 (ITS2) analysis of T. fluviatilis, the DNA were PCR amplified according to a protocol from Vinarski et al. (2011) using the primers LT1 (Bargues et al., 2001) and ITS2-Rixo (Almeyda-Artigas et al., 2000). The temperature profile used was 94°C 4 min (94°C 30 s, 56°C 30 s, 72°C 1 min) × 35, 72°C 7 min, 8°C. The amplicon was purified using PCR Kleen (Bio-Rad) and Sanger sequenced by the sequencing facility at the Tartu University, Estonia.

The sequences from the ITS2 region were quality checked using the software Chromas and, together with an ITS2 reference sequence obtained from a T. fluviatilis EST library. Low quality sequences were discarded. All sequences were imported into ARB (Ludwig et al., 2004) to calculate a maximum likelihood phylogenetic tree (PhyML). The topology of the tree was tested separately by neighbor-joining and parsimony analysis (DNAPARS) using a bootstrapping algorithm (seqboot; 100 bootstraps).

The reads were deposited at EBI under accession number LR736795-LR736837.



Statistical Analysis

The number of reads per sample varied between 6517 and 169,699 reads and, because of this large variation, was normalized by cumulative sum scaling (CSS) using the R package metagenomeSeq (Paulson et al., 2013). Richness was estimated using the R package phyloseq. A Kruskal–Wallis test and a post hoc Tukey’s pairwise test were used to calculate significant differences between the numbers of OTUs in the samples. Variations in bacterial community structure were characterized in a principal coordinates analysis (PCoA) using the Bray–Curtis dissimilarity in the “vegan” community ecology package of R (Oksanen et al., 2013) and PAST software package version 3.22 (Hammer et al., 2001). Bacterial communities were correlated according to environmental parameters using the envfit package included in the R package “vegan.” A linear discriminant analysis effect size (LEfSe) analysis (Segata et al., 2011) was used to identify bacterial groups whose relative abundance differed significantly between samples. For this purpose, the default setting with the multi-class analysis the “One against all” was used. OTUs identified in the LEfSe as significantly enriched were defined as indicator OTUs.

Prediction of functional profiles and functional redundancy of prokaryotic communities from 16S rRNA gene sequences was estimated using the R package Tax4Fun2 (Wemheuer et al., 2018). Functional profiles were initially aligned against the supplied 16S rRNA reference sequences by BLAST using the runRefBlast function (database SILVA Ref99NR) and functional predictions were subsequently calculated using its makeFunctionalPrediction function resulting in function annotation according to the KEGG database for prokaryotes (July 2018 release), which served as a reference database.



RESULTS


Host Internal Transcribed Spacer 2 Analysis

The analysis of the ITS2 biomarker regions confirmed that all samples belong to T. fluviatilis (Figure 2). The majority of the ITS2 sequences were identical, samples J11, J4, J3, and J6 showed only minor and random differences to the main group (>99.5% sequence similarity). However, a distinct group of sequences covering samples from Lake Schmaler Luzin, south end (J29, J25, J24, J12) contained characteristic sequence motives that differed from the other sequences (99% sequence similarity, Figure 2 and Supplementary Figure S3). The slight differences in some ITS2 sequences from T. fluviatilis samples from Lake Schmaler Luzin (south end) caused no significant effect in the gastrointestinal microbiome (Supplementary Figure S4) and the samples were therefore included in the analysis as the other T. fluviatilis samples.
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FIGURE 2. Nuclear marker internal transcribed spacer 2 (ITS2) sequence maximum likelihood tree based on 398 sequence columns without outgroup. A sequence from Theodoxus fluviatilis transcriptome analysis (EST library) was used as reference (marked in bold). Freshwater samples are indicated in italics. The scale bar indicates a 0.5% sequence difference. J29, J25, J24, J12 with 1% sequence difference J6, J11, J4, J3 with 0.5% sequence difference.




Microbiome Analysis

SILVA NGS classified the sequences in a total of 1,964 operational taxonomic units (OTUs) on genus level among 42 different phyla. The number of OTUs detected in the freshwater snail microbiome at ambient conditions was 65–605 OTUs and in the mesohaline snail microbiome between 218 and 772 OTUs (Figure 3A). Transferring freshwater snails to salinity 18 resulted in an insignificant (p = 0.882) decrease in the number of OTUs (169–391 OTUs). Transferring mesohaline water snails from salinity 8 to freshwater or to salinity 28 also did not significantly influence the number of OTUs (266–715 OTUs, 252–692 OTUs accordingly; Figure 3B).
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FIGURE 3. Observed number of operational taxonomic units (OTUs) in situ and during manipulation. Freshwater samples (A): freshwater in situ salinity (IS-0.5), artificial seawater control (ASW-0.5) where salinity was adjusted to freshwater salinity, artificial seawater raised to 18 for freshwater snails hyperosmotic treatment (ASW-18). Brackish water samples (B): brackish water in situ salinity (IS-8), artificial seawater control where salinity was adjusted to salinity 8 (ASW-8), artificial seawater raised to salinity 28 for brackish water snails hyperosmotic treatment (ASW-28), artificial seawater with salinity 0.5 for brackish water snails hypoosmotic treatment (ASW-0.5). The box indicates the 25–75% quartiles; the median is given by the horizontal line inside the box. The minimal and maximal values are shown with short vertical lines and samples are shown as dots.




Changes in the Bacterial Community Composition

On phylum/class level, the differences between freshwater, mesohaline, and manipulated snail microbiomes were minor (Figure 4). Gammaproteobacteria (relative abundance 15.4–63.3%) and Alphaproteobacteria (relative abundance 11.1–46.2%) were the most dominant bacterial classes in all samples, however, Bacteroidia (relative abundance 3.2–11.5%), Oxyphotobacteria (relative abundance 1.1–13.3%), and Actinobacteria (relative abundance 0.4–8.2%) as well as Planctomycetacia (relative abundance 2.1–16.6%) were also found in high abundance. The relative abundance of the dominant OTUs in freshwater snail samples were, on average, Aeromonas (0.8%), Pseudomonas (0.8%), Pirellula (0.7%), Tabrizicola (0.6%), and unclassified Rhizobiales (0.6%). Snails biological sex did not influence the bacterial community composition (F = 1.01, p = 0.375). When freshwater snails were transferred to salinity 18, the bacterial community composition was still dominated by Pseudomonas (1.2%), Aeromonas (0.9%) and unclassified Rhizobiaceae (0.8%), but Hoeflea (1.0%) and Erythrobacter (1.0%) became more abundant in the community composition. The dominant genera in brackish water snails samples were Rhodopirellula (0.7%), Pirellula (0.7%), Blastopirellula (0.7%), unclassified Rubinisphaeraceae (0.7%), and Cyanobium (0.6%). In contrast with freshwater snail microbiomes, hyperosmotic and hypoosmotic manipulation of the mesohaline snail microbiomes did not result in significantly different OTUs (Figure 5). The transfer to salinity 28 resulted in a bacterial community resembling the ambient brackish snails bacterial community with Rhodopirellula (1.0%), Pirellula (1.0%), Blastopirellula (1.0%) still dominating the community, only Vibrio (1.0%) and unclassified Rubinisphaeraceae (0.9%) became abundant. Similar to this result, the hypoosmotic treatment (salinity 0.5) resulted in no cardinal changes in the bacterial community composition. The dominant genera were still Pirellula (0.8%), Rhodopirellula (0.8%), Blastopirellula (0.7%), and unclassified Rubinisphaeraceae (0.7%). Pseudomonas (0.7%) became notably abundant as well. Over all a core microbiome consisting of Flavobacterium (1.6%), Pseudomonas (0.8%), Pirellula (0.7%), Limnohabitans (0.5%), and Acinetobacter (0.4%) were present in all T. fluviatilis samples independent of the saline manipulation and habitat.
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FIGURE 4. Bar graph of most abundant OTU-s on Phylum/Class level. Freshwater sampling sites: freshwater in situ salinity (IS-0.5), artificial seawater control (ASW-0.5) where salinity was adjusted to freshwater salinity, artificial seawater raised to 18 for freshwater snails hyperosmotic treatment (ASW-18). Brackish water samples: brackish water in situ salinity (IS-8), artificial seawater control where salinity was adjusted to salinity 8 (ASW-8), artificial seawater raised to salinity 28 for brackish water snails hyperosmotic treatment (ASW-28), artificial seawater with salinity 0.5 for brackish water snails hypoosmotic treatment (ASW-0.5).
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FIGURE 5. Heatmap of core microbiome and significantly different OTU-s for mesohaline and freshwater samples according to Lefse results. Freshwater samples: freshwater in situ salinity (IS-0.5), artificial seawater control (ASW-0.5) where salinity was adjusted to freshwater salinity, artificial seawater raised to 18 for freshwater snails hyperosmotic treatment (ASW-18). Brackish water samples: brackish water in situ salinity (IS-8), artificial seawater control where salinity was adjusted to salinity 8 (ASW-8), artificial seawater raised to salinity 28 for brackish water snails hyperosmotic treatment (ASW-28), artificial seawater with salinity 0.5 for brackish water snails hypoosmotic treatment (ASW-0.5).


Despite the continuous presence of the most abundant bacterial genera (core microbiome), we identified typical OTUs using LEfSe. According to LefSe analysis, the freshwater samples included Undibacterium, Ideonella, Tabrizicola, Vogesella, Paucibacter, Rheinheimera, Acidovorax, Dechloromonas, and unclassified Burkholderiaceae whereas unclassified Rubinisphaeraceae, Rhodopirellula, Vibrio, and Aeromonas were more typical for the mesohaline samples (Figure 5). To visualize the differences in composition between the bacterial communities in freshwater and mesohaline snails under both ambient conditions and during manipulation, we employed principal coordinate analysis (PCoA) (Figure 6A). The PCoA indicates that ambient brackish water snail microbiome samples and ambient freshwater snail microbiomes are separated on the first PCo (26.6% difference explained) and a subsequent ANOSIM test validated the significance of this difference between these habitats (p < 0.01; R = 0.38). When increasing the salinity for freshwater snails to salinity 18, we observed a clear shift in the gut microbiome (Figure 6B). Changing the salinity of the mesohaline snails to either freshwater or salinity 28 did not result in a significant shift in the bacterial community (Figure 6C).


[image: image]

FIGURE 6. Principal Coordinate Analysis based on Bray–Curtis dissimilarity of bacterial community composition on OTU level. (A) All samples, (B) freshwater samples from S2 (dark green) and S3 (brown) at ambient conditions (filled dot) and control conditions (filled square) and after saline manipulation (plus). (C) Brackish samples from S5 (pink) and S6 (purple) at ambient conditions (filled dot) and control conditions (filled square) and after saline manipulation (plus—salinity increase and filled diamond—salinity decrease).




Identification of Potential Functional Clusters

In the functional analysis, we concentrated on the level 3 category “Metabolism” and included the subcategories “Biosynthesis of other secondary metabolites,” “Xenobiotics biodegradation and metabolism,” “Metabolism of cofactors and vitamins,” “Carbohydrate metabolism,” “Amino acid metabolism,” and “Energy metabolism.” Functional predictions of these categories using Tax4fun2 suggest significant differences between the freshwater and brackish water digestive tract microbiomes (F = 5.579, p < 0.01). The function prediction showed that the ascendant functions for overall gastrointestinal microbiota were related to “Amino acid metabolism” whereas “Leucine and isoleucine degradation,” “Valine metabolism,” and “Glycine, serine, and threonine metabolism” were more pronounced. The category “Energy metabolism” was dominated by the subcategories “Oxidative phosphorylation” and “Sulfur metabolism” (Figure 7). A one-way PERMANOVA test showed significantly different functions between sample features (IS control, ASW control, salinity manipulation) and bacterial community functions (F = 6.874, p < 0.01).
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FIGURE 7. Variations of KEGG metabolic pathways in the functional microbial communities (with the threshold 5%). The heatmap shows the functional profiles based on the relative abundance of metabolic pathways after a z-score transformation. Freshwater samples: freshwater in situ salinity (IS-0.5), artificial seawater control (ASW-0.5) where salinity was adjusted to freshwater salinity, artificial seawater raised to 18 for freshwater snails hyperosmotic treatment (ASW-18). Brackish water samples: brackish water in situ salinity (IS-8), artificial seawater control where salinity was adjusted to salinity 8 (ASW-8), artificial seawater raised to salinity 28 for brackish water snails hyperosmotic treatment (ASW-28), artificial seawater with salinity 0.5 for brackish water snails hypoosmotic treatment (ASW-0.5). Samples are clustered based on similarity.


With regard to the bacterial community composition (Figure 3), the freshwater samples in their ambient conditions from Lake Schmaler Luzin (S1, S2) were similar in their functions and ascendant functions for gastrointestinal microbiota were related to the category “Energy metabolism” and “Carbohydrate metabolism” including “Pyruvate metabolism” and “Glyoxylate and dicarboxylate metabolism.” After the salinity manipulation, the Lake Schmaler Luzin south end (S2) gastrointestinal microbiota was enriched compared to control samples with functions that were related to “Pyruvate metabolism” including “Glyoxylate and dicarboxylate metabolism” but also to “Butanoate metabolism,” “Propanoate metabolism,” and “Amino sugar and nucleotide sugar metabolism.” The functions of IS control samples did not differ significantly compared to the salinity manipulated group (p = 0.064); however, functional changes were significant between the IS control and ASW control (F = 3.59, p = 0.035) and between the ASW control and salinity manipulation group (F = 14.52, p < 0.01). Freshwater samples from Lake Carwitz (S3) gastrointestinal microbiota under control conditions (IS control and ASW control) and after the manipulation had ascendant functions related to “Valine, leucine, and isoleucine degradation” and “Glyoxylate and dicarboxylate metabolism.” There were no significant changes between the IS control and ASW control group (p = 0.154) or between the IS control and salinity manipulation group (p = 0.109). Also, there was no significant difference between the ASW control and salinity manipulated groups (p = 0.597).

Ludwigsburg (S5) brackish water snails gastrointestinal microbiota ascendant functions for IS control and ASW control were related to “Glyoxylate and dicarboxylate metabolism,” “Pyruvate metabolism,” and “Oxidative phosphorylation.” After manipulation to salinity 28, the gastrointestinal microbiota functions remained almost the same; however, “Stilbenoid, diarylheptanoid and gingerol biosynthesis” became more pronounced compared to control samples. Changes between the ASW control and the salinity manipulation group were salinity was up to salinity 28 showed statistically significant changes (F = 7.818, p < 0.01). Hypoosmotic manipulation to salinity 0.5 resulted in insignificant functional changes compared to the IS control (p = 0.595), ASW control (p = 0.052), and increased salinity group (p = 0.475). There were no significant changes between the IS control and ASW control groups (p = 0.062) as well.

Vitter Bodden (S6) brackish water snails gastrointestinal microbiota ascendant functions for IS control and ASW control were related to “Glyoxylate and dicarboxylate metabolism” and “Glycine, serine, and threonine metabolism.” After the hyperosmotic manipulation (salinity 28), the functions related to “Stilbenoid, diarylheptanoid, and gingerol biosynthesis” and “Isoflavonoid biosynthesis” became more pronounced compared to control groups. After hypoosmotic manipulation (salinity 0.5), the gastrointestinal microbiota functions were again related to “Glyoxylate and dicarboxylate metabolism” and “Glycine, serine, and threonine metabolism.” Changes between the ASW control and the hypoosmotic manipulation group (salinity 0.5) showed statistically significant changes (F = 7.563, p = 0.025); however, there were no statistically significant changes between the other analyzed groups.

LefSe analysis of significantly different functions between samples indicated that the hyperosmotic manipulation of the samples correlated with the pathways for “Arginine and proline metabolism” and “Amino sugar and nucleotide sugar metabolism.”



DISCUSSION

Salinization of freshwater environments is expected due to a global rate of mean sea-level rise with an average rate of rise since 1993 of +3.2 mm (±0.4 mm) year–1 (Nicholls and Cazenave, 2010). In combination with reduced rainfall, sea level rise causes saltwater intrusion in current freshwater environments altering low lying freshwater environments to brackish environments (Neubauer et al., 2012). Significant changes in salinity are likely to result in the loss/change of key microorganism (Herlemann et al., 2011), changes in microbial metabolism (Neubauer, 2013), and nutrient cycling (Marton et al., 2012). The effect of changing salinity on the digestive tract microbiome in host systems is currently unknown. The aim of this study was to investigate the responses of a host-protected bacterial community to shifts in salinity using T. fluviatilis as a model system. T. fluviatilis snails were obtained from different sites with either mesohaline water (salinity 8) or freshwater conditions. Analysis of the highly variable ITS2 sequence from the host revealed that all snails belong to the species T. fluviatilis (Figure 2). Therefore, potential effect due to differences in host phylogeny can be excluded. This was expected because the North German populations of T. fluviatilis have been described as a single population (Bunje, 2005). However, few sequences obtained from Lake Schmaler Luzin (south end) suggest the presence of a subpopulation. These potential phylogenetic differences had no effect on the bacterial community composition and both phylogenetic lineages were found in close proximity at Lake Schmaler Luzin (south end).

The number of OTUs (alpha-diversity) was comparable in both ambient and salinity manipulated samples that originated from both freshwater and mesohaline habitats (Figure 3). Only an insignificant reduction was observed for the transfer of snails from ASW control to salinity 18 (Tukey test, p > 0.05). Changes in salinity have been observed to cause a reduction in macroinvertebrate richness (Remane, 1934) and phytoplankton diversity (Olli et al., 2019). Yet, the bacterial richness in both pelagic and benthic salinity gradients is rather constant (Herlemann et al., 2011, 2016; Klier et al., 2018). In a whole ecosystem manipulation experiment, Berga et al. (2017) also concluded that alpha-diversity measure of bacterial communities were resistant to changes in salinity. Previous research in host associated systems showed that the freshwater–saltwater change caused an insignificant decrease in the number of microbiome bacteria in Salmo salar L. (Dehler et al., 2017). Therefore, similar to pelagic (Herlemann et al., 2016) and benthic environments (Klier et al., 2018), changes in the bacterial species richness in host-protected environments seem to be connected with other parameters than salinity.

The bacterial community profiling revealed a diverse community based on 16S rRNA gene sequences, which were predominantly derived from Gammaproteobacteria, Alphaproteobacteria, Planctomycetes, Bacteroidetes, and Actinobacteria (Figure 4). The high abundance of Gammaproteobacteria and Alphaproteobacteria has been previously found in invertebrate gut microbiomes including Achatina fulica (Pawar et al., 2012), Diplopoda, Cylindroiulus fulviceps (Knapp et al., 2009), and oysters (King et al., 2012). Despite the dominance of Proteobacteria in all samples, the results on finer taxonomic levels (OTUs) indicate that the composition of the bacterial gut community in freshwater and mesohaline T. fluviatilis is significantly different (Figure 5). This confirms our first hypothesis suggesting that T. fluviatilis obtained at different salinities have significantly different bacterial community compositions. It also supports previous studies showing that salinity is a major environmental factor which causes changes in the bacterial community composition and impairs ecosystem functions (Herlemann et al., 2011; Weston et al., 2011; Neubauer, 2013).

Although hosts can be colonized by opportunistic food-related or widespread environmental taxa, they are often directly or indirectly colonized by microbiota released in the environment by conspecifics (Engel and Moran, 2013). LefSe analysis indicated that Undibacterium, Ideonella, Tabrizicola, Vogesella, Paucibacter, Rheinheimera, Acidovorax, Dechloromonas, and unclassified Burkholderiaceae were more pronounced in freshwater samples and unclassified Rubinisphaeraceae, Rhodopirellula, and Vibrio were more pronounced within mesohaline samples (Figure 5). Several of these OTUs have the ability to support the digestion of algal food for T. fluviatilis suggesting functional redundancy of these freshwater and mesohaline specific OTUs. The genus Paucibacter contains many species with the ability to degrade microcystins and nodularin (Pheng et al., 2017) a toxin typically found in the presence of cyanobacteria. Undibacterium are cellulolytic bacteria (Eder et al., 2011) and Vogesella sp. has genes for protocatechuate degradation (Woo et al., 2017), a substance often synthesized in higher plants. Rhodopirellula, which was mainly found in mesohaline samples, has been shown to break down sulfated polysaccharides (Glöckner et al., 2003) that are often part of algae and diatoms. Vibrios are among the most commonly reported groups of gut bacteria in marine vertebrates and invertebrates (Harris, 1993; Sawabe, 2006) and are able to degrade cellulose. This suggests that several OTUs in freshwater and mesohaline T. fluviatilis digestive systems are involved in enzymatic food digestion.

In addition to these specific OTUs, we also found OTUs that are highly abundant in freshwater and mesohaline gut microbiomes, independent of the salinity manipulation. The most conspicuous were Aeromonas and Pseudomonas that are often highly abundant in freshwater and mesohaline gut microbiomes (Yasuda and Kitao, 1980; Dempsey et al., 1989; Liu et al., 2011). The wide distribution of Aeromonas in different aquatic environments such as freshwater, estuarine, and seawater (Kaper et al., 1981), sewage, and wastewater (Boussaid et al., 1991), underlines the capacity of this species to adapt to environments that differ in terms of nutrients or the presence of other aquatic microorganisms thereby suggesting a very general lifestyle. Aeromonas and Pseudomonas have previously been identified as a cellulolytic species (Sindhu and Dadarwal, 2001; Jiang et al., 2011) and were also abundantly found in all samples. Other OTUs constantly found were Pirellula, Flavobacterium, Limnohabitans, and Acinetobacter, all of which have a large variety of enzymes with degradation capacities. Acinetobacter and Pseudomonas are commonly detected in gut systems of other aquatic animals such as fish and crabs (Huber et al., 2004). As cellulolytic bacteria, Acinetobacter has the ability to produce xylanase (Ekperigin, 2007). Pirellula spp. were also found to dominate in the guts of diatom-fed abalone (Nel et al., 2017). Although betaproteobacteria, like Limnohabitans, are rather irrelevant in the digestive tracts of most animals, they appear to be typical intestinal bacteria in Daphnia and may even maintain a symbiotic relationship with their host (Freese and Schink, 2011). A CARD–FISH analysis of gut homogenates of environmental Daphnia pulex also revealed Betaproteobacteria as one major group (Peter and Sommaruga, 2008). Limnohabitans were also a dominant bacterial group associated with a Cladocera (Bosmina) (Grossart et al., 2009). In our study, the most abundantly found genus from the phylum Bacteroidetes was Flavobacterium. Members of the genus Flavobacterium are widely distributed in nature, occurring mostly in aquatic ecosystems ranging in salinity from freshwater to seawater. It is also one of the most commonly reported genera of gut bacteria in aquatic invertebrates (Harris, 1993). Several flavobacterial freshwater species are potentially the etiological agents of fish diseases. Other Flavobacterium species appear to be harmless, chemoheterotrophic species that play a role in mineralizing various types of organic matter (carbohydrates, amino acids, proteins, and polysaccharides) in aquatic ecosystems. Some species in the family Flavobacteriaceae degrade soluble cellulose derivatives such as carboxymethylcellulose or hydroxyethylcellulose but not all Flavobacterium species are cellulolytic (Dworkin et al., 2006).

These five bacterial genera (Pseudomonas, Pirellula, Flavobacterium, Limnohabitans, and Acinetobacter) in the gut microbiome of T. fluviatilis may constitute a core microbiome (Shade and Handelsman, 2012) consisting of generalists able to cross salinity barriers (Székely and Langenheder, 2014). The presence of a core microbiome supports our third hypothesis; however, many of the OTUs seem to be transient and strongly influenced by changes in salinity. Therefore, the gut microbiota in T. fluviatilis has a multilayered structure, composed of both a core microbiota that is likely under host control and a flexible pool of microbes modulated by the environment. The host controlled core microbiome is likely to have an important function in the host (Johnston and Rolff, 2015).

Our second hypothesis is that an artificial increase in salinity results in a respective shift in the microbiome. When freshwater snails were exposed to increased salinity (salinity 18), the bacterial composition changed significantly (F = 3.066, p < 0.01) (Figure 6B). The generalists (Aeromonas and Pseudomonas) were still abundantly found, which is consistent to Székely and Langenheder (2014) findings that habitat generalists are more likely to be assembled by dispersal-related mechanisms because they can tolerate a wide range of environmental conditions. In addition to that, two OTUs (Hoeflea and Erythrobacter) became more abundant. Neither of these were found in the mesohaline snails; however, Hoeflea which is from family Rhizobiaceae and Erythrobacter which is from family Sphingomonadaceae are widespread bacteria found in the water column and biofilm (Ishii et al., 2008; Huang et al., 2013).

Ambient mesohaline T. fluviatilis gut samples were dominated by Pirellula, Rhodopirellula, and Blastopirellula from the phylum Planctomycetes (Figure 5). Rhodopirellula and Blastopirellula are more adapted to saltwater habitats, but Pirellula is found abundantly in both marine (Gebers et al., 1985; Kölbel-Boelke et al., 1985; Schlesner, 1986) and freshwater habitats (Staley, 1973; Tekniepe et al., 1981; Schlesner, 1994). When mesohaline snails were put through hyperosmotic manipulation (salinity 28), most of the genera found in the control group (Rhodopirellula, Pirellula, Blastopirellula, and unclassified Rubinisphaeraceae) were still present, only Cyanobium became less abundant, and Vibrio became more abundant. Vibrio is described as an alginolytic and salt-tolerant species (Sawabe et al., 1998; Kisand et al., 2005). Similar to hyperosmotic manipulation, the microbiome during hypoosmotic manipulation (salinity 0.5) changed only slightly. The abundant Pseudomonas, Pirellula, Rhodopirellula, Blastopirellula, Aeromonas, and unclassified Rubinisphaeraceae were still the main genera.

The minor response of the mesohaline gastrointestinal microbiome to changes in salinity (Figure 6C) indicates that the mesohaline microbiome is more resistant to shifts in salinity. This also suggests the presence of generalist bacteria that thrive over a wide range of salinities. In contrast, the response of the freshwater microbiome to an increase in salinity was significant indicating that these bacteria are more specialized to freshwater conditions. An increase in salinity for the freshwater snails caused a different bacterial community than found in the mesohaline snails and resulted in a shift in the associated functions (see below). This could indicate that the host may prevent polyhaline adapted bacteria from establishing in the digestive system microbiome to avoid a loss in essential functions. Another explanation could be that the T. fluviatilis digestive microbiome is best adapted to intermediate salinities since it originates from the mesohaline Black Sea. Our results indicate that in the host-protected environment, changes in salinity have a smaller influence on the bacterial community than previously shown for unprotected, pelagic bacteria (e.g., Shen et al., 2018). The extent of the saline protection seems to depend on the environmental history of the host.

The functional predictions using 16S rRNA genes have significant limitations because they can only identify certain taxa by the chosen set of primers and rely on described functions in the databases. However, using 16S rRNA as a predictor for microbial functions has the advantage to avoid host contamination obscure the microbial signal. Despite several limitations, hypotheses about changes in functional properties can be made (Langille, 2018). The changes we observed in the microbial community composition during hyperosmotic manipulation of freshwater samples did not result in major changes in predicted functions. In contrast, the minor changes in microbial community of mesohaline samples resulted in significant functional changes. Langille (2018) described that functions seem to be more conserved across samples than across taxa, which suggest that functions are more resilient across communities than the individual strains that can be lost or gained.

The salinity manipulation of all samples correlated with the pathways for “Alanine, arginine, and proline metabolism,” “Aspartate and glutamate metabolism,” and “Amino sugar and nucleotide sugar metabolism” suggesting a specific response of osmolyte production from the bacterial community. Already in 1961, Allen showed that free alanine, glutamic acid, and aspartic acid concentrations in a brackish water clam increased with increasing ambient salinity. Euryhaline mollusks mainly accumulate amino acids as organic osmolytes in their cells under hyperosmotic stress (Shumway et al., 1977; Pierce and Amende, 1981). T. fluviatilis from both freshwater and mesohaline conditions showed the ability to accumulate organic osmolytes in response to hyperosmotic stress equally well; however, they differ in the pathways of acquiring these organic osmolytes (Wiesenthal et al., 2019). The main constituents of the increased amounts of organic osmolytes are alanine and proline that seem to be most important for an initial coping with high environmental salinity conditions and were also among the most important amino acid pathways that responded in the microbiome. Xu et al. (2017) described the noticeably more pronounced amino sugar and nucleotide sugar metabolism functions when the euryhaline decapod Litopenaeus vannamei was put through a salinity stress experiment. Taken together, the digestive tract microbiome of snails may also support the amino acid supply for the hosts osmolyte production during salinity stress.

While dissecting the guts, we found Oligochaeta in the snail shells. The Oligochaeta specimens were only detected within freshwater samples as also described by Fashuyi and Williams (1977). The salinity manipulation where freshwater snails were exposed to a salinity 18 resulted in a complete loss of Oligochaeta. None of the freshwater snails from hyperosmotic aquariums had any of the specimens present after the salinity manipulation experiment. The Oligochaeta found belong to the genus Chaetogaster limnaei limnaei. C. limnaei is an ectosymbiont and is present inside the mantle cavity of the snail, whereas the parasitic form C. limnaei vaghini lives in the kidney of the snail (Smythe et al., 2015). It has been confirmed that C. limnaei limnaei has a mutualistic relationship with freshwater snails such as Galba truncatula (Muñiz-Pareja and Iturbe-Espinoza, 2018). The absence of the Oligochaeta after salinity treatment is explained by the worms strict adaptation to freshwater, it simply did not survive the rise in salinity (Muñiz-Pareja and Iturbe-Espinoza, 2018).

Polysaccharides are the most important energy source for the algal feeders, and our results support the hypothesis that the digestive tract microbiome supplies the host with polysaccharide degrading enzymes. At hyperosmotic and hypoosmotic manipulation, mesohaline T. fluviatilis seemed to influence the gut microenvironment to maintain the original bacterial community with high cellulolytic potential and the ability to produce osmolytes. This indicates that the host can compensate for the strong effects of salinity on the gut microbiome. However, a hyperosmotic manipulation of T. fluviatilis induced by transferring animals from freshwater to salinity 18 resulted in a shift in the bacterial community composition that was not compensated by the host, suggesting that freshwater snails are more sensitive to changes in salinity. Therefore, salinization of coastal freshwater environments due to sea level rise can influence the gut microbiome of this snail with currently unknown consequences for the host. More studies on host associated systems in the freshwater-saline transition will be necessary to validate this concept.
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Endangered species recovery plans often include captive breeding and reintroduction, but success remains rare. Critical for effective recovery is an assessment of captivity-induced changes in adaptive traits of reintroduction candidates. The gut microbiota is one such trait and is particularly important for scavengers exposed to carcass microbiomes. We investigated husbandry-associated differences in the gut microbiota of two Old World vulture species using 16S RNA gene amplicon sequencing. Increased abundance of Actinobacteria occurred when vultures were fed quail but not rat or chicken. Conversely, diet preparation (sanitization) had no effect, although bacterial diversity differed significantly between vulture species, likely reflective of evolved feeding ecologies. Whilst the relative lack of influence of a sanitized diet is encouraging, changes in bacterial abundance associated with the type of prey occurred, representing a dietary influence on host–microbiome condition warranting consideration in ex situ species recovery plans. Incorporation of microbiome research in endangered species management, therefore, provides an opportunity to refine conservation practice.
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INTRODUCTION

For diverse reasons, many attempts to breed and subsequently reintroduce endangered species into their natural habitat from captivity have not been successful (Bowkett, 2009; Conde et al., 2013; Willoughby et al., 2015). One potential reason is the loss of adaptive traits (Araki et al., 2007; Willoughby et al., 2015), which are not only encoded by the host genetic architecture but also by the host-associated microbiome. The gut microbiome could be considered such an adaptive trait, representing a substantial community of microorganisms (and their collective genes) which play vital roles in host physiology (West et al., 2019) and potentially influences reintroduction success (Redford et al., 2012). In turn, the microbiome is under both genetic and environmental control, with diet acting as a pivotal determinant of gut microbial assembly (Spor et al., 2011). Over the past decade, knowledge of microbial symbionts in host health and disease has increased considerably. However, animal microbiome research has only recently been introduced as a perspective for modern conservation and species recovery practices (Redford et al., 2012; Chong et al., 2019; Trevelline et al., 2019; West et al., 2019).

Species recovery often necessitates movement of animals for translocation or captive breeding, but typically involves biosecurity protocols and anti-microbial prophylaxis (West et al., 2019), which are at odds with current appreciation for the symbiotic host–microbiome relationship. Hence, a paradigm shift is required to not only include microbial research as a fundamental component in species recovery programs, but to also consider co-extinction of host-associated microbes an undesirable outcome (Trevelline et al., 2019; West et al., 2019). In particular, the influence of husbandry factors on the gut microbiome of captive animals and consequently their health (and post-release survival) is poorly understood (Chong et al., 2019; Trevelline et al., 2019; West et al., 2019), notably in regard to specialized taxa.

Vultures are such specialists, well-known for their intimate interactions with pathogens. These obligate scavengers remove carcasses from the environment, and provide important ecosystem functions (Safford et al., 2019). Yet, vultures are now among the most threatened group of birds, suffering global population declines of >80% (Safford et al., 2019). Consequently, vultures have become the focus of intensive conservation efforts (Safford et al., 2019). Critical to vultures is their ability to safely consume carrion in varying stages of decomposition; an adaptation which is integrally linked to their gut microbiota (Roggenbuck et al., 2014). However, the gut microbiota of many vulture species remains largely uncharacterized with little known regarding the impact of consumption of sanitized food stuffs on the vulture microbiome in wild and captive settings.



MATERIALS AND METHODS

The aim of the current study was to investigate the potential impact of diet preparation on the specialized, luminal-bacterial alliance of two species of Old World vultures, the Griffon (Gyps fulvus) and Egyptian vulture (Neophron percnopterus). This was achieved by characterization of the luminal-microbiome using high-throughput amplicon sequencing of DNA form fecal samples collected after provision of diets prepared under divergent conditions. A secondary objective was identified post hoc, whereby prey type provisioning associated with fecal sample characterization permitted the post hoc investigation of the impact of prey type on luminal microbiota.


Ethics Statement

This project was approved by the Nottingham Trent University’s School of Animal, Rural and Environmental Science Ethics Review Group (ARE76).



Study Population, Experimental Design of Diets, and Sample Collection

Four Egyptian vultures (Neophron percnopterus) and 7 Griffon vultures (Gyps fulvus) housed at the Kalba Bird of Prey Centre (KBoPC) along with 4 Egyptian vultures housed at the Breeding Centre for Arabian Wildlife (BCEAW), both located in the United Arab Emirates (UAE), were used in this study (Table 1). To represent typical captive dietary provision (Gaengler and Clum, 2015), two dietary conditions were implemented in a semi-randomized cross-over study design. Birds were fed either a sanitized diet (SD) comprising an overall weekly mixture of dressed quail, chicken and rat carcasses [i.e., skinned, partially eviscerated (gastrointestinal tract removed)] which were washed under tap water, or an un-sanitized diet (UD) of fully feathered/furred, intact whole carcass of the same prey species. Daily rations comprised only single prey species, and the species consumed each day were recorded for the duration of the study. No intervention in terms of the choice of prey species offered per day was performed in order to best replicate normal husbandry conditions for captive vultures. Diets (sanitized or un-sanitized; see Supporting Information for further details) were fed for a period of 4 weeks with fecal sampling in the following (fifth) week. A 2-week washout period was then implemented, during which time the birds were fed a mixture of prey items prepared as per standard husbandry practices at each facility. This mixed diet included both dressed carcasses and intact prey items of the same species as fed during the study period. After the washout period, birds were fed the alternative diet for 4 weeks before fecal sample collection in the fifth week (with daily prey species consumed recorded as previously described).


TABLE 1. Vulture details, diet, and housing conditions at the time of study.

[image: Table 1]Fresh fecal samples (approximately 2 g/bird) were collected by scraping or syringe suction from the surface (see Supporting Information). We collected multiple samples per bird during the sampling week on an opportunistic basis, i.e., when a bird was seen to defecate (therefore confirming ownership and freshness) and the fecal matter was accessible (i.e., having been voided onto a surface amenable for sampling) the sample was collected. All voidings meeting this sampling criteria were collected during the week of sampling. Samples were transferred into sterilized containers and then stored at −20°C for an average of 60 (maximum 114) days prior to transport to the laboratory (ABC Labs, Dubai, United Arab Emirates).



DNA Extraction, Amplification, and Sequencing

Total bacterial community DNA extraction from each distinct fecal sample followed the conventional phenol–chloroform protocol (Pitcher et al., 1989). DNA size and integrity were assessed on 1% agarose electrophoresis gels. DNA extracts were then subject to Illumina MiSeq sequencing targeting the V4-16S rRNA gene region. The variable regions were amplified using a modified version (Apprill et al., 2015; Walters et al., 2015; Parada et al., 2016) of the original 515F-806R primer pair (Caporaso et al., 2011, 2012) and pooled libraries were constructed following the protocol as described by Kozich et al. (2013). Libraries were sequenced using 250 bp paired-end sequencing chemistry on an Illumina MiSeq platform as described previously (Kozich et al., 2013).



16S rRNA Sequence Read Processing

Pre-processing of sequencing data was done using scripts from the Microbiome Helper 16S Workflow (Comeau et al., 2017) and included stitching paired-end reads with PEAR (v0.9.10) (Zhang et al., 2014), quality assessment with FastQC (v0.11.5) (Andrews, 2010) and filtering based on read length and quality. The quality threshold score was set at 37 over at least 90% of the bases and reads shorter than 250 bp were removed. Following read filtering, potentially chimeric reads were screened out using VSEARCH (v1.11.1) (Rognes et al., 2016), which implements the UCHIME algorithm (Edgar et al., 2011). In this study, the filtered reads were classified into different operational taxonomic units (OTUs) following two approaches. First, we used an open-reference algorithm (Rideout et al., 2014) which clusters reads against a reference sequence collection (≥97% sequence similarity) and subsequently clusters sequences that do not match the sequence database de novo. The OTU table generated by this approach was used for all diversity and taxonomic analyses. The reference sequence collection used was the v.13_8 of the GreenGenes 16S rRNA gene database (DeSantis et al., 2006). OTUs having <0.1% of the total number of reads were filtered out and the OTU tables were rarefied to a minimal number of reads (11 150 seq).



Statistical Analysis


Bacterial Composition According to Vulture Species and Diet Preparation

To assess sampling depth coverage and species heterogeneity in each sample, alpha diversity metrics were employed on rarefied OTU tables using observed species (i.e., total OTUs per sample) and Shannon’s diversity indexes. Beta-diversity was assessed by calculating unweighted and weighted UniFrac and Bray–Curtis distances (Lozupone et al., 2011), which were tested for significant differences between sample categories using non-parametric ANOSIM tests with 999 permutations on non-rarefied data. Relative abundances of OTUs at different taxonomic levels were assessed using non-parametric Kruskal–Wallis test with false discovery rate (FDR) correction for multiple testing. Our threshold for significance was P < 0.05. Analysis was done using scripts from QIIME (Caporaso et al., 2010), STAMP (Parks et al., 2014), and RStudio (RStudio Team, 2015). Differences in taxonomic relative abundance for each phylum between dietary conditions (UD vs. SD) and different prey types were tested using generalized linear models, with dietary conditions, prey type and vulture species as fixed effects, and individuals from different facilities as nested random effects. Likelihood tests were used for comparisons of the models to one another and to a null model that included only the nested random factor. Similarly, we tested for an effect of vulture species on alpha diversity measures (observed number of OTUs and Shannon diversity index) in the fecal samples by comparing a linear mixed-effects model that included vulture species, dietary condition and prey type to one that included only dietary condition and prey type. These analyses were carried out in the “lmer package” in R.



Post hoc Analysis According to Prey Type (Regardless of Diet Condition)

Effect of prey type appeared as an important variable during analysis described in 2.5.1. As such, records of prey consumed each day were subsequently matched to instances where a fecal sample had been produced and collected on the following day. This time lag was considered appropriate on the basis of a known ∼21 h mean digesta retention time determined in a separate study with this population of Griffon vultures (Daneel et al., 2019). Griffon vultures had fecal samples matched to a total of 18 quail-feeding days, and 12 rat-feeding days. Egyptian vultures had fecal samples matched to a total of 2 quail-feeding days, 12 chicken-feeding days, 5 rat-feeding days, and 3 fasting days. The effect of prey type was tested by modeling phylum abundance measures against prey type consumed the day prior to sample collection, regardless of vulture species or preparation condition of the diets. These analyses were carried out in the “lmer package” in R.



RESULTS

We collected 52 fecal samples from the 15 birds in our cross-over study design; each bird was sampled at least once per dietary condition (range 1–5 samples per condition), with an average of 4 samples per bird being collected.V4-16S rRNA gene sequencing and subsequent quality filtering generated 5,293,884 high-quality sequences, with an average of 101,805 reads per sample (minimum 11,150; maximum 867,136 reads per sample). Using a threshold of 97% identity, sequences clustered into 533 OTUs with an average of 236 ± 62 OTUs retrieved in Griffon vulture samples and 180 ± 77 OTUs in Egyptian vulture samples.


Bacterial Composition According to Vulture Species and Diet Preparation

No significant impact of diet preparation (i.e., sanitization) was detected (P = 0.1454) for either vulture species. Nonetheless, patterns of change were detectable at the taxonomic family level in our birds whereby a general trend toward reduced abundance under sanitized dietary conditions was observed (Supplementary Figure 1).

Vulture species significantly affected fecal bacterial richness (P < 0.05) and Shannon diversity index was significantly different between vulture species (Figure 1; P < 0.01), but no overall effect of vulture species (P = 0.546) nor diet (P = 0.1454) or prey type (P = 0.2707) were observed in the full mixed-effects model. The gut bacterial community composition in both Griffon and Egyptian vultures was characterized by the dominance of genera within the phyla Firmicutes (58.4%) and Proteobacteria (36.6%) (Figure 2A). Within Firmicutes, sequences were classified into seven families with an abundance of >1% of total reads (Figure 2B). Clostridia dominated the bacterial community, represented by Clostridiaceae (17%) and Peptostreptococcaceae (16%). Fusobacteria (2.4%), Actinobacteria (1%) and Cyanobacteria (0.1%) were minor contributors to the vulture’s gut bacterial composition and Bacteroidetes represented 1.5% of the microbiome in the studied Griffon and Egyptian vultures.


[image: image]

FIGURE 1. Variation in gut bacterial diversity between Egyptian and Griffon vultures. Alpha diversity based on rarefied data, measured by observed species and Shannon diversity Index, plotted for 52 fecal samples of two Old World vulture species (EV = Egyptian vulture, six individuals, n = 22 samples; GY = Griffon vulture, seven individuals, n = 30 samples). Statistical testing showed significant difference in observed species (Wilcoxon, P < 0.05) and Shannon diversity (Wilcoxon, P < 0.05) between both vulture species. Vultures were fed either a sanitized diet (SD) consisting of skinned, de-gutted and washed rats, chicken and quail, or un-sanitized diet (UD) consisting of intact whole rats, chicken and quail. No significant difference were observed between diets.
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FIGURE 2. Gut bacterial composition of Egyptian and Griffon vultures. Taxonomic bacterial profile of 52 fecal samples from Egyptian (EV; six individuals, n = 22 samples) and Griffon vultures (GY; seven individuals, n = 30 samples) at phylum (A; left) and family (B; right) level. Of 75 families classified, only 14 with an abundance >1% of total reads are displayed.


Structural differences in bacterial community composition between species were also observed (Figure 3 and Supplementary Figures 2, 3). These differences were apparent at phylum level with a significantly higher relative abundance of Firmicutes (Welch’s t-test, q = 0.018) in Griffon vultures and of Proteobacteria (Welch’s t-test, q = 0.025) in Egyptian vultures (Supplementary Figure 4). Additionally, although not statistically significant, Fusobacteria were observed in a higher abundance and Bacteroidetes in lower abundance in Griffon vultures. No other metadata included in the mixed-effects models (age, location, aviary) had a significant impact on the gut bacterial diversity.
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FIGURE 3. Egyptian and Griffon vultures exhibit different bacterial communities. Beta diversity; principal coordinate analysis visualizing the clustering of bacterial communities of 52 fecal samples from Egyptian (six individuals, n = 22 samples; red) and Griffon vultures (seven individuals, n = 30 samples; blue) based on unweighted UniFrac dissimilarity matrix. Vulture species exhibited minor overlap (ANOSIM; R = 0.545, P = 0.001).




Post hoc Analysis According to Prey Type (Regardless of Diet Condition)

Griffon vultures exhibited a higher relative abundance of Actinobacteria (represented by 53 OTUs) when fed quail (P = 0.02; n = 18 samples) compared to when fed rats (n = 12 samples) (Figure 4). No equivalent effect of prey type was detectable for Egyptian vultures. The increase of Actinobacteria could be attributed to an increase in abundance of seven OTUs assigned to Coriobacteriaceae (Genus Rhodococcus, ∼21% of sequences assigned to Actinobacteria) and one OTU assigned to Nocardiaceae (∼ 24% of sequences assigned to Actinobacteria).
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FIGURE 4. Relative abundance of Actinobacteria in the fecal bacterial community of vultures varied according to prey type. Boxplots showing the relative abundance of Actinobacteria in fecal samples from Griffon vultures (seven individuals, n = 30 samples) fed either rat (n = 12 samples) or quail (n = 18 samples), and Egyptian vultures (six individuals, n = 22 samples) fed either quail (n = 2 samples), rat (n = 5 samples), or chicken (n = 12 samples), or following a ‘fasted’ day (n = 3 samples). For quail and rat prey types, fecal Actinobacteria abundance data from both vulture species were combined, but differences between prey type were only statistically significant for Griffon vultures (P = 0.02). No statistical differences were detected between the four prey types fed to Egyptian vultures.




DISCUSSION

Our study represents the first ever empirical investigation of the hypothesis that captive dietary conditions could influence gut microbiota of an obligate scavenger (Blanco, 2014; Roggenbuck et al., 2014), with findings in support of a modifying role for prey type, but not diet preparation. In contrast to previously suggested links between feeding ground sanitization status and raptor gut microbiota (Gangoso et al., 2009; Blanco, 2014), no significant impact of diet preparation (sanitization) was detected. Rather, it appears that increased sanitization in zoos (Crissey et al., 2001), compared to free-ranging habitats, is unlikely to compromise vulture gut bacterial diversity. Nonetheless, the trend toward reduced bacterial abundance under sanitized dietary conditions aligns with the inoculation theory and warrants investigation utilizing larger, longitudinal studies.

Considering the bacterial composition observed, Bacteroidetes, typically a major phylum in many species including birds (Ley et al., 2008; Waite and Taylor, 2014), was only a minor contributor of the microbiome in our Griffon and Egyptian vultures. This is in accordance with the low proportions (<1%) of this phylum in three other Old World (Meng et al., 2017) and a New World vulture species (Rodrigues De Carvalho et al., 2003; Roggenbuck et al., 2014). Members of the Bacteroidetes are known to thrive on the plethora of complex polysaccharides that constitute “dietary fiber” (Thomas et al., 2011) and are correspondingly represented in lower proportions in species with higher dietary protein intake (Becker et al., 2014). Hence, this likely reflects vultures’ carnivorous nature and may explain their divergence from other (non-carnivorous) avian gut microbiomes. Inter-specific differences in bacterial composition detected in our study and others (Roggenbuck et al., 2014; Waite and Taylor, 2014; Meng et al., 2017) emphasize the need for caution in extrapolation of data between different vulture species, supporting recent calls to increase fundamental knowledge of animal microbiomes on a species-specific basis (Trevelline et al., 2019; West et al., 2019), including in conservation biology (Redford et al., 2012).

Diet specialization, along with phylogeny, is considered integral in shaping microbial diversity in a healthy vertebrate’s gut (Ley et al., 2008; Waite and Taylor, 2014). In the wild, Griffon vultures access the carcass directly during group feeding bouts to obtain protein- and fat-rich tissues, whereas the smaller Egyptian vultures rely on scraps of tissue picked up from the area surrounding the carcass (Kruuk, 1967; Hertel, 1994). Egyptian vultures also include insects in their diet, pick at bare bones, and have unusual coprophagic tendencies (Kruuk, 1967; Negro et al., 2002). This likely contributes toward a noteworthy fiber intake of plant (e.g., prey digestive tracts, feces) and animal (e.g., skin, bone, chitin, connective tissue) origin. This different feeding ecology could explain the lower proportions of (fat-adapted) Firmicutes and the relatively higher (fiber-adapted) Bacteroidetes detected in Egyptian vultures. A greater abundance of Enterococcaceae (associated with increased fiber intake and decreased Lactobacillaceae) [associated with decreased protein intake (Clarke et al., 2012)] in the Egyptian vulture could also reflect an evolved adaptation to these differences in feeding ecology. Likewise, fibrous prey components from the un-sanitized diets (e.g., skin, digestive tracts) may facilitate population growth of organisms associated with carbohydrate substrates such as Bacteroidaceae (Thomas et al., 2011) (observed here with a numerically higher abundance). Comparisons between free-ranging and captive birds using equivalent sampling and analyses techniques to avoid bias have not yet been conducted for Griffon and Egyptian vultures. Our findings serve as a valuable starting point for future comparative studies.

Unlike previous findings (Waite and Taylor, 2015), age, location, and aviary had no significant impact on the gut bacterial diversity. Importantly, data from co-housed birds did not cluster together and no clustering was apparent on the basis of housing location, despite multiple environmental differences (e.g., substrates, vegetation, aviary size, husbandry protocols, and neighboring species). Although similar to observations in New World vultures (Roggenbuck et al., 2014) and other avian species (Ley et al., 2008), this effect had to date been untested in Old World vultures. This demonstrates the resilience of vulture microbiota to captivity-related environmental and husbandry factors, whereby the vulture’s microbiome was most reflective of their carnivorous lifestyle.

As captive birds represent potential source populations for wild population recovery efforts, this resilience is of particular significance. However, our finding of a significant impact of one particular prey type (quail) requires further consideration as it represents a potentially important husbandry-associated influence on vulture microbiome. Quail may have acted as an inoculation source of Actinobacteria for Griffon vultures. This prey type has been shown to have a notably high abundance of Actinobacteria (Su et al., 2014) in contrast to the microbiome of rats (Li et al., 2017) and chickens (Oakley et al., 2014) that only includes Actinobacteria as a minor contributor. The lack of equivalent effect in Egyptian vultures may relate to our study design, which was not established to test this hypothesis and therefore our finding in Griffon vultures was not based on an experimental design established for the purpose of testing this. The relatively balanced split between fecal samples associated with quail and only one other prey species (rat) was fortunate, but the low number of days when the birds were fed other prey types may have impacted our ability to detect their influence. In contrast, Egyptian vultures were only fed quail on two occasions that could be temporally associated with samples used in analysis. Chicken was, however, associated with 12 samples but no influence of this prey type on fecal microbiome was detectable. Consideration is also required of the duration of prey type exposure. Our post hoc analysis of fecal samples evaluated according to the prey type consumed on the day prior to fecal voiding assumes that this ∼24 h period was sufficient to elicit an acute bacterial response. Although not commonly reported, there is evidence to demonstrate a rapid response to diet changes and that such acute bacterial changes are detectable within 24 h of feeding (Wu et al., 2011), thereby supporting our analytical approach.

An inoculating or modifying role for prey type has previously been shown in other birds of prey, including kites (Blanco, 2014), falcons and owls (Bangert et al., 1988) and New World vultures (Roggenbuck et al., 2014), whereby microorganisms identified in the hindgut of these raptors were considered to originate directly from the diet consumed. It is not possible to ascertain whether our findings represent an adaptation or inoculation effect of the luminal microbiome by prey type in our study. However, either mechanism is a particularly intriguing possibility in scavengers, given that these species are generally considered to have evolved efficient strategies to protect themselves against such inoculation. Concurrently, research in mice and humans has demonstrated an association between increased abundance of Actinobacteria and obesity and the consumption of high-fat diets (Clarke et al., 2012) such that the macronutrient content of prey offered in captivity is likely an important factor to consider. The implications of our findings in Griffon vulture remain to be elucidated but nonetheless represents an important anthropogenic influence, whereby free-ranging vultures (of any species) would not typically include large proportions of quail in their diet. Moreover, the increased abundance of Nocardiaceae should be interpreted with caution as these ubiquitous environmental bacteria are more likely to be transient passengers in the gastro-intestinal tract of vultures upon quail intake. However, they have been shown to act as opportunistic pathogens (including the genus Rhodococcus) in immunocompromised hosts (Barka et al., 2016). Elucidation of the functional importance of Actinobacteria may be facilitated once the microbiome of free-ranging individuals is characterized.

Whereas the implications of increased Actinobacteria abundance are as yet unknown, bacterial alignment with species-specific feeding strategies is still tangible here. These inter-specific differences should be considered when evaluating host–microbiota interactions, especially for animals intended for release to the wild. The notable lack of large ungulate carcass feeding for captive vultures (Gaengler and Clum, 2015) is at odds with their evolved dietary specialization, and reliance on smaller whole prey species may introduce important, but as yet unquantified, differences in bacterial communities. Whilst it is possible that a captive-to-wild bacterial composition transition may occur following release, e.g., most recently evidenced in Tasmanian devil’s (Sarcophilus harrisii) (Chong et al., 2019), this represents another acclimatization process, amongst a suite of other physiological and behavioral adaptations, incurred by released individuals. Since pre-release conditioning and training is already considered vital to post-release success, it would appear prudent that reintroduction programs include monitoring for (and mitigation against) captivity-induced microbiome alterations prior to release, alongside optimization of other health parameters, rather than leaving microbial adaptation to occur post-release. Given the importance of the microbiome to host health, the value of integrating microbiome knowledge into ex situ breeding program management is hereby emphasized.

Combined, these findings highlight the importance of species- and husbandry-specific drivers in shaping the gut bacterial community and cautions against inter-specific extrapolations. Captive breeding programs aimed at propagating vultures for release can be encouraged by the relative lack of influence that a more sanitized diet had on vulture gut microbiota; hygiene procedures implemented to protect human health do not appear to compromise vulture bacterial composition. The nutritional and behavioral implications of feeding such a sanitized diet were beyond the scope of this study but are nonetheless vital considerations when formulating captive vulture diets. The importance of incorporating microbial research in conservation practice is evident; most notably an understanding of species- and environment-specific effects should be considered fundamental to advancing knowledge necessary for implementing best practice in species recovery.



DATA AVAILABILITY STATEMENT

The 16S rRNA data sets generated in this study are made available and deposited in the NCBI Sequence Read Archive (SRA) under BioProject PRJNA621094 with BioSample accession numbers SAMN14501507 to SAMN14501558.



ETHICS STATEMENT

The animal study was reviewed and approved by Nottingham Trent University’s School of Animal, Rural and Environmental Science Ethics Review Group (ARE76).



AUTHOR CONTRIBUTIONS

KW-T, SH, and GW-T conceived and designed the study with assistance from JB. KW-T and GW-T conducted the study, collected and prepared samples for laboratory analyses. AB completed all data analyses and interpretation, with input from SH and KW-T. KW-T and AB prepared and wrote the manuscript with input from all authors.



FUNDING

The research was funded with Quality Research funding of the School of Animal, Rural and Environmental Sciences (Nottingham Trent University, United Kingdom) and financial support from the Environment and Protected Areas Authority (EPAA, Sharjah, United Arab Emirates). We would also like to thank the One Health Center for Zoonoses and Tropical Veterinary Medicine of Ross University School of Veterinary Medicine for their financial support for open access publication.



ACKNOWLEDGMENTS

The authors thank staff at Kalba Bird of Prey Centre and the Breeding Centre for Endangered Arabian Wildlife for their assistance during sample collection; in particular Mrs. Tanya McCormack, Mr. Qaisar Awan, Mr. Rahis Khan, and Mr. Indika Thilaksiri are acknowledged for their roles in this process. Dr. Alan McNally is gratefully acknowledged for completing the sequencing work at Nottingham Trent University’s School of Science and Technology. The authors thank His Highness Sheikh Dr. Sultan bin Mohammad al-Qasimi, Ruler of Sharjah and UAE Supreme Council Member, and Her Excellency Hana Saif Al Suwaidi, Chairperson of the Environment and Protected Areas Authority of Sharjah, for their support. The authors are grateful to colleagues at the School of Animal, Rural and Environmental Sciences (Nottingham Trent University) for their constructive feedback and assistance during the preparation of this manuscript.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fmicb.2020.01025/full#supplementary-material



REFERENCES

Andrews, S. (2010). FastQC: A Quality-Control Tool for High-Throughput Sequence Data. Cambridge, United Kingdom: Babraham Institute.

Apprill, A., McNally, S., Parsons, R., and Weber, L. (2015). Minor revision to V4 region SSU rRNA 806R gene primer greatly increases detection of SAR11 bacterioplankton. Aquat. Microb. Ecol. 75, 129–137.

Araki, H., Cooper, B., and Blouin, M. S. (2007). Genetic effects of captive breeding cause a rapid, cumulative fitness decline in the wild. Science 318, 100–103. doi: 10.1126/science.1145621

Bangert, R. L., Ward, A. C. S., Stauber, E. H., Cho, B. R., and Widders, P. R. (1988). A survey of the aerobic bacteria in the feces of captive raptors. Avian Dis. 32, 53–62.

Barka, E. A., Vatsa, P., Sanchez, L., Gaveau-Vaillant, N., Jacquard, C., Meier-Kolthoff, J. P., et al. (2016). Taxonomy, physiology, and natural products of actinobacteria. Microbiol. Mol. Biol. Rev. 80, 1–43. doi: 10.1128/mmbr.00044-16

Becker, A., Hesta, M., Hollants, J., Janssens, G. P. J., and Huys, G. (2014). Phylogenetic analysis of faecal microbiota from captive cheetahs reveals underrepresentation of Bacteroidetes and Bifidobacteriaceae. BMC Microbiol. 14:43. doi: 10.1186/1471-2180-14-43

Blanco, G. (2014). Influence of diet on the gastrointestinal flora of wintering red kites. Eur. J. Wildl. Res. 60, 695–698. doi: 10.1007/s10344-014-0820-5

Bowkett, A. E. (2009). Recent captive-breeding proposals and the return of the ark concept to global species conservation. Conserv. Biol. 23, 773–776. doi: 10.1111/j.1523-1739.2008.01157.x

Caporaso, J. G., Kuczynski, J., Stombaugh, J., Bittinger, K., Bushman, F. D., Costello, E., et al. (2010). QIIME allows analysis of high-throughput community sequencing data. Nat. Methods 7, 335–336. doi: 10.1038/nmeth.f.303

Caporaso, J. G., Lauber, C. L., Walters, W. A., Berg-Lyons, D., Huntley, J., Fierer, N., et al. (2012). Ultra-high-throughput microbial community analysis on the Illumina HiSeq and MiSeq platforms. ISME J. 6, 1621–1624. doi: 10.1038/ismej.2012.8

Caporaso, J. G., Lauber, C. L., Walters, W. A., Berg-Lyons, D., Lozupone, C. A., Turnbaugh, P. J., et al. (2011). Global patterns of 16S rRNA diversity at a depth of millions of sequences per sample. Proc. Natl. Acad. Sci. U.S.A. 108, 4516–4522. doi: 10.1073/pnas.1000080107

Chong, R., Grueber, C. E., Fox, S., Wise, P., Barrs, V. R., Hogg, C. J., et al. (2019). Looking like the locals - gut microbiome changes post-release in an endangered species. Anim. Microbiome 1, 1–10. doi: 10.1186/s42523-019-0012-4

Clarke, S. F., Murphy, E. F., Nilaweera, K., Ross, P. R., Shanahan, F., O’Toole, P. W., et al. (2012). The gut microbiota and its relationship to diet and obesity. Gut Microbes 3, 186–202. doi: 10.4161/gmic.20168

Comeau, A. M., Douglas, G. M., and Langille, M. G. I. (2017). Microbiome Helper: a custom and streamlined workflow for microbiome research. mSystems 2:e00127-16. doi: 10.1128/mSystems.00127-16

Conde, D. A., Colchero, F., Gusset, M., Pearce-Kelly, P., Byers, O., Flesness, N., et al. (2013). Zoos through the Lens of the IUCN red list: a global metapopulation approach to support conservation breeding programs. PLoS One 8:e80311. doi: 10.1371/journal.pone.0080311

Crissey, S. D., Slifka, K. A., Shumway, P. J., and Spencer, S. (2001). Handling Frozen/Thawed Meat and Prey Items Fed to Captive Exotic Animals A Manual of Standard Operating Procedures. Beltsville, MD: United States Department of Agriculture, National Agricultural Library.

Daneel, A., Whitehouse-Tedd, K., Whitehouse-Tedd, G., Dierenfeld, E. S., and Janssens, G. P. J. (2019). “Differences in digestive traits between two Old World vultures,” in Proceedings of the 10th European Zoo Nutrition Conference, 17th - 20th January, (Marwell Zoo, UK: European Association of Zoos and Aquariums).

DeSantis, T. Z., Hugenholtz, P., Larsen, N., Rojas, M., Brodie, E. L., Keller, K., et al. (2006). Greengenes, a chimera-checked 16S rRNA gene database and workbench compatible with ARB. Appl. Environ. Microbiol. 72, 5069–5072. doi: 10.1128/AEM.03006-05

Edgar, R. C., Haas, B. J., Clemente, J. C., Quince, C., and Knight, R. (2011). UCHIME improves sensitivity and speed of chimera detection. Bioinformatics 27, 2194–2200. doi: 10.1093/bioinformatics/btr381

Gaengler, H., and Clum, N. (2015). Investigating the impact of large carcass feeding on the behavior of captive Andean condors (Vultur gryphus) and its perception by Zoo Visitors. Zoo Biol. 34, 118–129. doi: 10.1002/zoo.21202

Gangoso, L., Grande, J. M., Lemus, J. A., Blanco, G., Grande, J., and Donázar, J. A. (2009). Susceptibility to infection and immune response in insular and continental populations of Egyptian vulture: implications for conservation. PLoS One 4:e0006333. doi: 10.1371/journal.pone.0006333

Hertel, F. (1994). Diversity in body size and feeding morphology within past and present vulture assemblages. Ecology 75, 1074–1084.

Kozich, J. J., Westcott, S. L., Baxter, N. T., Highlander, S. K., and Schloss, P. D. (2013). Development of a dual-index sequencing strategy and curation pipeline for analyzing amplicon sequence data on the MiSeq Illumina sequencing platform. Appl. Environ. Microbiol. 79, 5112–5120. doi: 10.1128/AEM.01043-13

Kruuk, H. (1967). Competition for food between vultures in East Africa. Ardea 55, 172–193.

Ley, R. E., Hamady, M., Lozupone, C., Turnbaugh, P. J., Ramey, R. R., Bircher, J. S., et al. (2008). Evolution of mammals and their gut microbes. Science 320, 1647–1651. doi: 10.1126/science.1155725

Li, D., Chen, H., Mao, B., Yang, Q., Zhao, J., Gu, Z., et al. (2017). Microbial biogeography and core microbiota of the rat digestive tract. Sci. Rep. 7, 1–16. doi: 10.1038/srep45840

Lozupone, C., Lladser, M. E., Knights, D., Stombaugh, J., and Knight, R. (2011). UniFrac: an effective distance metric for microbial community comparison. ISME J. 5, 169–172. doi: 10.1038/ismej.2010.133

Meng, X., Lu, S., Yang, J., Jin, D., Wang, X., Bai, X., et al. (2017). Metataxonomics reveal vultures as a reservoir for Clostridium perfringens. Emerg. Microbes Infect. 6:e9. doi: 10.1038/emi.2016.137

Negro, J. J., Grande, J. M., Tella, J. L., Garrido, J., Hornero, D., Donazar, J. A., et al. (2002). An unusual source of essential carotenoids. Nature 416, 807–808.

Oakley, B. B., Lillehoj, H. S., Kogut, M. H., Kim, W. K., Maurer, J. J., Pedroso, A., et al. (2014). The chicken gastrointestinal microbiome. FEMS Microbiol. Lett. 360, 100–112. doi: 10.1111/1574-6968.12608

Parada, A. E., Needham, D. M., and Fuhrman, J. A. (2016). Every base matters: assessing small subunit rRNA primers for marine microbiomes with mock communities, time series and global field samples. Environ. Microbiol. 18, 1403–1414. doi: 10.1111/1462-2920.13023

Parks, D. H., Tyson, G. W., Hugenholtz, P., and Beiko, R. G. (2014). STAMP: statistical analysis of taxonomic and functional profiles. Bioinformatics 30, 3123–3124. doi: 10.1093/bioinformatics/btu494

Pitcher, D. G., Saunders, N. A., and Owen, R. J. (1989). Rapid extraction of bacterial genomic DNA with guanidium thiocyanate. Lett. Appl. Microbiol. 8, 151–156.

Redford, K. H., Segre, J. A., Salafsky, N., Del Rio, C. M., and Mcaloose, D. (2012). Conservation and the microbiome. Conserv. Biol. 26, 195–197. doi: 10.1111/j.1523-1739.2012.01829.x

Rideout, J. R., He, Y., Navas-Molina, J. A., Walters, W. A., Ursell, L. K., Gibbons, S. M., et al. (2014). Subsampled open-reference clustering creates consistent, comprehensive OTU definitions and scales to billions of sequences. PeerJ 2“:e545. doi: 10.7717/peerj.545

Rodrigues De Carvalho, L., Macêdo Farias, L., Nicoli, J. R., Fernandes Silva, M. C., Santos Meira Corsino, A. T., De Lima, L. A. A., et al. (2003). Dominant culturable bacterial microbiota in the digestive tract of the American Black Vulture (Coragyps atratus Bechstein 1793) and search for antagonistic substances. Braz. J. Microbiol. 34, 218–224. doi: 10.1590/S1517-83822003000300007

Roggenbuck, M., Bærholm Schnell, I., Blom, N., Bælum, J., Bertelsen, M. F., Pontén, T. S., et al. (2014). The microbiome of New World vultures. Nat. Commun. 5:5498. doi: 10.1038/ncomms6498

Rognes, T., Flouri, T., Nichols, B., Quince, C., and Mahe, F. (2016). VSEARCH: a versatile open source tool for metagenomics. PeerJ 4:e2584. doi: 10.7717/peerj.2584

RStudio Team (2015). RStudio: Integrated Development for R. Boston, MA: RStudio, Inc.

Safford, R., Andevski, J., Botha, A., Bowden, C. G. R., Crockford, N., Garbett, R., et al. (2019). Vulture conservation: the case for urgent action. Bird Conserv. Int. 29, 1–9. doi: 10.1017/S0959270919000042

Spor, A., Koren, O., and Ley, R. (2011). Unravelling the effects of the environment and host genotype on the gut microbiome. Nat. Rev. Microbiol. 9, 279–290. doi: 10.1038/nrmicro2540

Su, H., McKelvey, J., Rollins, D., Zhang, M., Brightsmith, D. J., Derr, J., et al. (2014). Cultivable bacterial microbiota of Northern Bobwhite (Colinus virginianus): a new reservoir of antimicrobial resistance? PLoS One 9:e99826. doi: 10.1371/journal.pone.0099826

Thomas, F., Hehemann, J. H., Rebuffet, E., Czjzek, M., and Michel, G. (2011). Environmental and gut bacteroidetes: the food connection. Front. Microbiol. 2:93. doi: 10.3389/fmicb.2011.00093

Trevelline, B. K., Fontaine, S. S., Hartup, B. K., and Kohl, K. D. (2019). Conservation biology needs a microbial renaissance: a call for the consideration of host-associated microbiota in wildlife management practices. Proc. R. Soc. B Biol. Sci. 286:20182448. doi: 10.1098/rspb.2018.2448

Waite, D. W., and Taylor, M. W. (2014). Characterizing the avian gut microbiota: membership, driving influences, and potential function. Front. Microbiol. 5:223. doi: 10.3389/fmicb.2014.00223

Waite, D. W., and Taylor, M. W. (2015). Exploring the avian gut microbiota: current trends and future directions. Front. Microbiol. 6:673. doi: 10.3389/fmicb.2015.00673

Walters, W. A., Hyde, E. R., Berg-Lyons, D., Ackermann, G., Humphrey, G., Parada, A. E., et al. (2015). Improved bacterial 16S rRNA gene (V4 and V4-5) and fungal internal transcribed spacer marker gene primers for microbial community surveys. mSystems 1:e00009-15. doi: 10.1128/mSystems.00009-15

West, A. G., Waite, D. W., Deines, P., Bourne, D. G., Digby, A., McKenzie, V. J., et al. (2019). The microbiome in threatened species conservation. Biol. Conserv. 229, 85–98. doi: 10.1016/j.biocon.2018.11.016

Willoughby, J. R., Fernandez, N. B., Lamb, M. C., Ivy, J. A., Lacy, R. C., and Dewoody, J. A. (2015). The impacts of inbreeding, drift and selection on genetic diversity in captive breeding populations. Mol. Ecol. 24, 98–110. doi: 10.1111/mec.13020

Wu, G. D., Chen, J., Hoffmann, C., Bittinger, K., Chen, Y. Y., Keilbaugh, S. A., et al. (2011). Linking long-term dietary patterns with gut microbial enterotypes. Science 334, 105–108. doi: 10.1126/science.1208344

Zhang, J., Kobert, K., Flouri, T., and Stamatakis, A. (2014). PEAR: a fast and accurate Illumina paired-end read merger. Bioinformatics 30, 614–620. doi: 10.1093/bioinformatics/btt593


Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2020 Becker, Harrison, Whitehouse-Tedd, Budd and Whitehouse-Tedd. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.










	 
	REVIEW
published: 29 May 2020
doi: 10.3389/fmicb.2020.01058





[image: image]

Marsupial Gut Microbiome

Rowena Chong, Yuanyuan Cheng, Carolyn J. Hogg and Katherine Belov*

School of Life and Environmental Sciences, The University of Sydney, Sydney, NSW, Australia

Edited by:
Lifeng Zhu, Nanjing Normal University, China

Reviewed by:
Zhihong Sun, Inner Mongolia Agricultural University, China
Hua Chen, Mingke Biotechnology, China

*Correspondence: Katherine Belov, kathy.belov@sydney.edu.au

Specialty section: This article was submitted to Microbial Symbioses, a section of the journal Frontiers in Microbiology

Received: 16 November 2019
Accepted: 29 April 2020
Published: 29 May 2020

Citation: Chong R, Cheng Y, Hogg CJ and Belov K (2020) Marsupial Gut Microbiome. Front. Microbiol. 11:1058. doi: 10.3389/fmicb.2020.01058

The study of the gut microbiome in threatened wildlife species has enormous potential to improve conservation efforts and gain insights into host-microbe coevolution. Threatened species are often housed in captivity, and during this process undergo considerable changes to their gut microbiome. Studying the gut microbiome of captive animals therefore allows identification of dysbiosis and opportunities for improving management practices in captivity and for subsequent translocations. Manipulation of the gut microbiome through methods such as fecal transplant may offer an innovative means of restoring dysbiotic microbiomes in threatened species to provide health benefits. Finally, characterization of the gut microbiome (including the viral components, or virome) provides important baseline health information and may lead to discovery of significant microbial pathogens. Here we summarize our current understanding of microbiomes in Australian marsupial species.
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INTRODUCTION

The gut microbiome plays an important role in many physiological processes including nutrition (Kau et al., 2011), immunity (Round and Mazmanian, 2009), metabolism (Musso et al., 2011), brain functions and behavior (Rogers G. et al., 2016). In humans, the highly diverse gut bacterial communities have been found to play a wide range of symbiotic functions that are essential for maintaining the health of the host, and disturbances to the gut microbiome structure have been associated with various diseases, such as diabetes, inflammations, metabolic or autoimmune disorders, infections, and cancer (reviewed in Kho and Lal, 2018). Certain attributes of the gut microbiome have been implicated in an increased risk for an individual to develop certain diseases, such as a high Firmicutes:Bacteroidetes ratio in obesity (Ley et al., 2006), and Enterobacterial blooms in inflammatory diseases of the gut (Zeng et al., 2017). Advances in sequencing technologies in recent years have also allowed the development of new methods for studying the gut virome, another important component of the gut microbial ecosystem, revealing a high richness of gut viral community and various potential beneficial functions of viruses (e.g., bacteriophages) in mediating host microbiome adaptation and stability (Ogilvie and Jones, 2015).

Much of what we know about the gut microbiome so far stems from studies in humans or animal model species, but recent studies have increasingly focused on wildlife biology and conservation (Trevelline et al., 2019). These offer a wealth of knowledge about the abundance and diversity of microbes that inhabit wildlife species across diverse taxa, including the diverse lineage of marsupials. Australian marsupials represent a unique evolutionary lineage of mammals that has dominated the Australian continent. A long history of geographical isolation has led to the diversification of marsupial species in terms of their biology, diets and life history traits (Nipperess, 2015). Here we will review our current understanding of the gut microbiome of marsupials and how this knowledge can be applied to further our understanding of marsupial health, host-microbiome coevolution and conservation.



BASELINE CHARACTERIZATION OF MARSUPIAL GUT MICROBIOME


Tasmanian Devil

The Tasmanian devil (Sarcophilus harrisii; “devil” hereinafter) is the world’s largest living carnivorous marsupial from the family Dasyuridae. Once widespread throughout Australia, it became extinct on the mainland about 400 to 3,000 years ago (Archer and Baynes, 1972; Brown, 2006) and is now endemic to the island state of Tasmania. Modern devils are facing extinction due to a fatal contagious cancer called devil facial tumour diseases (DFTD) (Pemberton, 2019). Since its discovery in 1996, DFTD has spread over 75% of the state and caused declines of up to 80% of wild devil populations (Lazenby et al., 2018). This has resulted in devils being listed as Endangered by the IUCN (International Union for Conservation of Nature) and under the Environment Protection and Biodiversity Conservation (EPBC) Act (Australia). A large amount of effort has gone into furthering our understanding of devil biology to facilitate conservation efforts, including population genetics (Jones et al., 2004; Miller et al., 2011) and the etiology of DFTD (Pearse and Swift, 2006; Pye et al., 2016). Tasmanian devils are predominantly scavengers, but are also known to hunt, consuming a wide range of prey items from marcopods to insects, birds and fish (Table 1).


TABLE 1. Comparison of diet, habitat, and gut microbiome in marsupials.

[image: Table 1]More recently, the microbiome of the devil also became the focus of research. Initial microbiome characterization on the devils using 16S rRNA gene amplicon sequencing of the V1–V3 region generated baseline information of the bacterial communities in the gut (feces), pouch, skin and oral cavity (Cheng et al., 2015). Across all body sites, bacterial phyla Firmicutes, Proteobacteria, Fusobacteria, Bacteroidetes, and Actinobacteria were the top five constituents. However, compared to the other three microbiome types, the gut microbiome had significantly higher phylotype richness (Cheng et al., 2015). The most abundant bacterial phyla found within the devil gut microbiome was Firmicutes (53.5 ± 3.9%), followed by Proteobacteria (18.6 ± 3.5%), and fusobacteria (13.8 ± 4.5%) (Figure 1 and Table 1; Cheng et al., 2015). Clostridium, a bacterial genus known to contain species with protein decomposition and amino acid degradation activities (Fonknechten et al., 2010), was identified as the most common bacteria in devil gut flora (18.5 ± 2.4%), which speculatively could be an indication of the gut flora having evolved to adapt to the host’s carnivorous feeding strategy. The level of Proteobacteria (primarily Gammaproteobacteria and Alphaproteobacteria) observed in devil gut microbiome is relatively higher than that found in many other mammalian species (on average 8.8% in mammals based on Ley et al., 2008). Particularly Enterobacteriaceae, a family of Gammaproteobacteria, accounts for approximately 9.4% of the devil gut flora. This bacterial family is known to contain many symbionts such as Escherichia coli, Klebsiella spp., and Proteus spp., and in humans, dysbiosis involving Enterobacteriaceae have been associated with various inflammatory gut diseases (Zeng et al., 2017).
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FIGURE 1. Comparison of gut microbiome of five marsupials [data from Barker et al. (2013), Gulino et al. (2013), Cheng et al. (2015), Shiffman et al. (2017), Burke et al. (2018)].


Another important feature of the devil gut microbiome is the low prevalence of Bacteroidetes (1.2 ± 0.6%), which leads to a high Firmicutes to Bacteroidetes ratio (F:B ratio; approximately 45:1 in devils) (Cheng et al., 2015). It has been found in humans and mice that a high F:B ratio (the “obese microbiome”) is associated with high efficiency in energy harvest from the diet and an increased risk for the host to develop obesity, while the increase of Bacteroidetes and decrease of Firmicutes can lead to weight loss (Ley et al., 2006; Turnbaugh et al., 2006). Interestingly, low levels of Bacteroidetes have also been observed in the gut microbiome of many other carnivorous mammals besides devils, including the cheetah (Acinonyx jubatus) (Menke et al., 2017), spotted hyena (Crocuta crocuta), polar bear (Ursus maritimus) (Ley et al., 2008), and northern quoll (Dasyurus hallucatus; further discussed below). These findings suggest that a high F:B ratio could be a feature of carnivorous species which is possibly related to the need to efficiently harvest and store energy from limited food sources (Cheng et al., 2015). In the devil, this feature is also in line with their feeding habit, whereby they typically gorge up to 40% of their body weight in a single meal, followed by several days of no feeding (Pemberton and Renouf, 1993).

In addition to the gut bacterial microbiome, a recent study reported the characterization of devil fecal virome and the identification of 24 novel marsupial-associated viruses as well as known mammalian pathogens such as rabbit haemorrhagic disease virus (Chong et al., 2019b). Some notable marsupial-associated viruses identified include astroviruses, picobirnaviruses, parvoviruses, papillomaviruses, polyomaviruses and a gammaherpesvirus. Among these, picobirnaviruses have recently been found to possess bacteriophage properties (Krishnamurthy and Wang, 2018) and thus can potentially play a role in the regulation of gut bacterial community and protection against pathogenic bacteria (Mukhopadhya et al., 2019). Prior to this study, only a single gammaherpesvirus affecting both captive and wild devils has been recorded in the literature (Stalder et al., 2015), demonstrating a significant lack of knowledge in this area. Although much is still unknown regarding what roles the viruses identified in devil gut flora may play on host health, the viral sequences isolated through devil gut virome characterization provide a useful resource for future research toward illuminating activities and functions of mammalian gut viruses. Further investigations of gut virome in more marsupial species will be needed to understand the structure and function of viruses in the gut microenvironment of marsupials.



Northern Quoll

The northern quoll (D. hallucatus) is an omnivorous marsupial from the family Dasyuridae. Found predominantly in the northern regions of Australia, they are currently listed as endangered and are found distributed in fragmented areas across northern Australia (Braithwaite and Griffiths, 1994). Northern quolls are generalists consuming a wide prey base including vertebrate and invertebrate prey and fruit (Table 1). Using cloacal swab as a non-invasive proxy for the gut, the gut microbiome of the northern quoll was characterized using 16S rRNA amplicon sequencing of the V3–V4 region (Burke et al., 2018). Similar to its close carnivorous relative, the Tasmanian devil, the northern quoll cloacal microbiome shows high abundance of Firmicutes (58.1 ± 21.3%) and Proteobacteria (34.4 ± 21.3%) and low abundance of Bacteroidetes (4.5 ± 13.85%) (Figure 1; Burke et al., 2018). In addition, the northern quoll gut microbiome was characterized by a high abundance of Enterococcus (27.3 ± 22.4%) compared to other mammalian species (∼1% in humans) (Dubin and Pamer, 2014). The similarities between the northern quoll and devil gut microbiome in the higher taxonomic levels can possibly be attributed to their close phylogenetic relationship, as well as similar carnivorous diets. However, it should be noted that due to different sampling methods that have been used for the two species (feces vs. cloacal swab), the results from the two studies on devils and quolls may not be directly comparable.



Koala

The koala (Phascolarctos cinereus) is an arboreal folivore endemic to Australia and the last surviving member of the family Phascolarctidae. Koalas occur across eastern Australia in a wide range of habitat types (Table 1). Yet they are a dietary specialist, feeding solely on the foliage from species of Eucalyptus (Cork and Sanson, 1991). Various anatomical and physiological adaptations enable the koalas to survive on a diet that is low in proteins and high in lignified fiber and phenolic compounds that would make it toxic to other animals. The hindgut, including the caecum and proximal colon of a koala is significantly enlarged (Cork and Sanson, 1991), making it one of the largest in any known mammals (Krockenberger and Hume, 2007). The mean retention times of solutes and larger particles of digesta in the digestive tract in koalas are both longer than have been reported in most other mammals, including many other eucalypt-specialist marsupial folivores (Krockenberger and Hume, 2007), allowing the potential for relatively extensive microbial degradation and nutrient extraction from the nutritionally poor foliage. In addition, endogenous enzymes produced in the liver have also been found to assist the koala in coping with toxic plant secondary metabolites (PSMs) in their Eucalyptus diets (Ngo et al., 2000). As with other herbivores, the koala relies on microbes in their gut for digestion of plant material through hydrolysis and fermentation.

Characterization of the koala hindgut microbiome revealed a dominance of Firmicutes and Bacteroidetes, consistent with many other species (Figure 1; Barker et al., 2013). The F:B ratio varies significantly across the hindgut, with a low ratio close to 1 (1.3:1) found in the caecum, and significantly higher ratios of 6:1 and 3:1 in the colon and fecal pellet, respectively, suggesting differential microbial fermentation processes taking place at various sites (Barker et al., 2013). Due to its unusual diet, a number of studies have focused on elucidating the gut microbiome’s contribution to the host’s ability to digest and detoxify Eucalyptus. Early investigations using culture-based techniques identified presence of tannin degrading microorganisms across the koala’s gastrointestinal tract, including Streptococcus gallolyticus and Lonepinella koalarum from the Pasteurellaceae family (Osawa, 1990; Osawa et al., 1995). Furthermore, comparative metagenomics analysis of the gut microbiome between koala and its closest living relative, the wombat has enabled identification of other key microbial linages and functional pathways unique to the koala. Several microbial lineages thought to play conserved roles in fiber degradation and urea recycling, both of which are essential metabolic pathways for herbivorous species, were found in both the koala and wombat (Shiffman et al., 2017). For example, fibrolytic bacteria from the genus Bacteroides and Ruminococcus were found consistently across all koala and wombat samples. These fibrolytic bacteria metabolize complex plant compounds into short-chain fatty acids, which can then be easily absorbed by the host (Barboza and Hume, 1992). Urease-containing Succinivibrionaceae bacterium found in both species are thought to assist in urea degradation. In mammals, ammonia, the toxic end-product of protein catabolism, is converted into urea through the urea cycle for elimination; it is estimated that approximately 20% of urea is degraded by urease-expressing gut bacteria through the gastrointestinal tract, with the remaining eliminated through renal excretion (Ramezani et al., 2016). One important distinction between koala and wombat gut microbiome is that members of the family Synergistaceae were detected at relatively high abundance (>4–17%) in the koala but absent in wombat. These bacterial populations are predicted to encode multiple pathways related to the degradation of toxic Eucalyptus plant secondary metabolites (PSMs), therefore playing a key role in the koala’s ability to survive in a specialized dietary niche (Shiffman et al., 2017).



Wombat

The wombat is the koala’s closest living relative, both belonging to the suborder Vombatiformes. The family Vombatidae consists of three species, the common wombat (Vombatus ursinus), the southern-hairy nosed wombat (Lasiorhinus latifrons) and the northern-hairy nosed wombat (Lasiorhinus krefftii). The common wombat is found across a range of habitats in Tasmania and south-eastern Australia (Table 1), with the southern-hairy nosed wombat found in southern Australia, and the northern-hairy nosed wombat isolated to Queensland. Unlike the koala, wombats are a generalist herbivore that primarily grazes on grass (Rishworth et al., 1995).

Characterization of the gut microbiome has been carried out in two species of wombats, the southern hairy-nosed wombat and common wombat. Based on 16S rRNA amplicon sequencing of the V6 to V8 region, there was a dominance of Firmicutes (∼61%) and Bacteroidetes (∼18%) and relatively low F:B ratio (3.4:1) (Figure 1; Shiffman et al., 2017). Compared to the koala, higher levels of xylanases were found (7.6% vs. 1.9% in the koala), which could be attributed to the higher content of hemicellulose in the wombat diet (Rishworth et al., 1995; Hume, 1999). Several distinct microbes were also only detected in the wombat, including unclassified members of the family Christensenellacea, the order Clostridiales, and the genus Ruminococcus (Shiffman et al., 2017).



Macropods

This family of Macropodidae, including species of kangaroos and wallabies, is found in a wide range of habitats across Australia, ranging from arid desert zones to temperate forests and alpine regions. They are grazing generalist herbivores, foraging on a range of grass and herbaceous plant species depending on their environment (Jarman, 1984). All species of macropods are foregut fermenters (Hume, 1999). Consequently, the gastrointestinal tracts of macropods are generally characterized by an enlarged forestomach, sacciform, and tubiform where microbial fermentation of plant material takes place (Hume, 1999). Early studies based on 16S rRNA amplicon sequencing of the V3–V4 region again identified Bacteroidetes and Firmicutes as key constituents of macropod (Macropus giganteus, Macropus rufus, and Macropus robustus) foregut microbiome (48.3 ± 9.19% and 47.3 ± 9.85%, respectively) (Figure 1; Gulino et al., 2013). A number of OTUs identified in the macropod foregut microbiome shared highly percentage of homology to known fibrolytic bacteria such as Ruminococcus flavefaciens and Butyrivibrio fibrisolvens, which were identified as key microbes responsible for fibrolytic digestion (Hespell et al., 1987; Miller et al., 2009). In the tammar wallaby (Macropus eugenii), it has been reported that pouch young (40 and 56 days old) have a gut flora dominated by Firmicutes and Actinobacteria that is distinct to the maternal pouch and oral microbiome, highlighting the possibility of the gut microbiota of marsupial pouch young arising from the maternal milk (Chhour et al., 2010). However, it should be noted that this early study used a low throughput cloning-based method for sequencing 16S rRNA genes, which may not have the power to fully reveal the complexity and comprehensive structure of the microbiomes surveyed.



IMPLICATIONS FOR MARSUPIAL BIOLOGY AND CONSERVATION


Dysbiosis in Captivity and Implications for Translocation/Reintroduction

A commonly used tool in conservation management is captive breeding for those species which are suffering significant population declines (Harley et al., 2018). Yet life in captivity can present a range of extreme lifestyle changes, many of which may affect the host microbiome. A growing number of studies have focused on determining the effects of captivity on wildlife microbiomes, with many providing evidence of microbiome perturbations (Amato, 2013; Kohl et al., 2014; McKenzie et al., 2017). Significant differences in the gut microbiome composition of captive animals relative to their wild counterparts have been frequently observed in many species. This is particularly apparent in carnivorous and omnivorous species, where the supply of natural and diverse diets in an artificial setting is often restricted (Nakamura et al., 2011; Guan et al., 2016). In Tasmanian devils, evidence of microbiome dysbiosis has been detected, where captive individuals showed significantly different gut microbiome compositions and lower microbial diversity compared to their wild counterparts (Cheng et al., 2015). Interestingly, the type of captive enclosure influenced gut microbiome composition and diversity in the devils. Of the two types of captive enclosures studied, devils that were housed in more intensive, zoo-based facilities had lower microbial diversity in their gut than those housed in larger, group housing enclosures. Those that are housed in group enclosures also have gut microbiomes that more closely resemble the microbiome of wild devils, suggesting free-range or group enclosures to be a more preferable housing option for managing devil microbiomes in captivity (Cheng et al., 2015). Currently the impact of a depauperate microbiome on devils remains unclear, but it has been suggested that the low diversity of gut microbiome in captive devils may lead to an increased risk of obesity (Le Chatelier et al., 2013), which can consequently cause reduced success rate of captive breeding (Cheng et al., 2015).

In contrast, it has been reported that captivity does not appear to significantly alter the gut microbiome in koalas, as both captive and wild koalas share very similar and consistent microbiome compositions at the phyla and genus level (Alfano et al., 2015). The lack of differentiation between captive and wild microbiomes has mostly been observed in herbivorous species, such as even-toed ungulates (bovids and giraffes) (McKenzie et al., 2017). Alterations to the microbiome in captivity can be driven by many factors, including changes to the natural diets (Clayton et al., 2016), reduced environmental microbial reservoirs (Loudon et al., 2014), cohabitation with other species (Lemieux-Labonté et al., 2016), and antibiotic use (Plummer et al., 2005; Dahlhausen et al., 2018). The strict dietary requirements of koalas mean that captive and wild individuals likely feed on similar Eucalyptus diets, which could have resulted in limited differentiations in their gut microbiome. One limitation though with the study by Alfano et al. (2015) is the small sample size consisting of only two captive koalas (plus data of two wild koalas from an earlier study). Further studies using a larger sample size will be needed to verify the hypothesis that captive and wild koalas have similar gut microbiomes.

An important aspect of many captive breeding programs is the reintroduction of animals back into the wild (Seddon et al., 2007). Microbiome perturbations observed in captivity may underlie poor host health, which may in turn impact the reintroduction success and post-release survival of captive individuals (Redford et al., 2012). For example, increased abundance of pathogenic microbes and disease-associated pathways in the captive cheetah gut microbiome may explain the poor reproductive rates and high prevalence of bacterial infections associated mortality (Menke et al., 2017). Similarly in the grouse (Tetrao urogallus), microbiome disturbances (Wienemann et al., 2011) as well as anatomical changes, such as shorter small intestines and caeca observed in captivity (Liukkonen-Anttila et al., 2000), may compromise digestion likely leading to high mortality of captive birds upon release to the wild (Seiler et al., 2000). With concerns about the consequences of dysbiosis in captivity, and the potential implications for the reintroduction of captive devils back into the wild, the gut microbiomes of translocated devils were monitored for temporal changes over the course of translocation to understand how translocation may influence devil gut microbiome (Chong et al., 2019a). Comparisons between the microbiome of released devils before and after translocation showed significant shifts in composition and diversity, and that released devils began to re-acquire the wild, incumbent microbiome as early as 3–4 weeks post-release (Chong et al., 2019a). This result suggests that microbiome perturbations as a result of captivity in a carnivorous species, such as the devils, are not necessarily permanent. Studies investigating changes in the gut microbiome post-release are scarce but can provide important insights into the impact of translocation on the host-associated microbiome, allowing evaluation and improvement of translocation success.



Gut Microbiome Management in Wildlife Conservation

Bioaugmentation of the microbiome through probiotic therapy or fecal microbiome transplantation is a new and emerging field in microbiome research, especially within the context of wildlife conservation (McKenzie et al., 2018; Trevelline et al., 2019). Augmenting or manipulating the microbiome may provide numerous benefits, such as restoring dysbiotic microbiome for improved physiological functions and animal health (Kueneman et al., 2016), and mitigating disease risk (Bletz et al., 2013). In the wild, koalas often have access to different Eucalyptus spp. but majority feed exclusively on a specific food tree (Brice et al., 2019). The koala gut microbiome has been suggested to play a role in their dietary preferences. For example, the gut microbiome of koalas that preferentially feed on messmate gum (Eucalyptus obliqua) have higher abundances of fibrolytic bacteria and are more adapted to using different complex carbohydrate sources than those feeding on manna gum (Eucalyptus viminalis), one of the main food trees for koalas in many areas (Brice et al., 2019). Microbial richness and diversity were also found to be lower in the microbiome of koalas feeding on manna gum, likely to be linked to a greater energy harvest from this species of Eucalyptus compared to messmate (Brice et al., 2019). Therefore it has been hypothesized that the inability of the majority of koalas to shift diets to messmate is due to a lack appropriate gut microbial assemblage for optimal digestion (Blyton et al., 2019). With the continuous threat of habitat loss and limited resources, the ability to shift diet and utilize different food sources is crucial for the survival and persistence of koalas in the wild. In a study by Blyton et al. (2019), wild koalas that previously fed on manna gum were inoculated with faecally derived microbes from koalas that feed on messmate. Although on average, the treatment koalas did not show a significant increase in their messmate consumption after inoculation, their gut microbiome shifted significantly to resemble the microbiomes of koalas that feed primarily on messmate. Also importantly, a pattern was observed that koalas showing a more prominent shift in the gut flora consumed more messmate. As such, fecal transplant between koalas feeding on different Eucalyptus species may be useful in introducing beneficial microbes to the gut microbiome that will enable koalas to adapt to and utilize more variety of food sources. This may prove to be particularly important when translocating koalas to areas with different Eucalyptus tree species. Meanwhile, it also needs to be emphasized that further research will be needed to evaluate the broader impact and safety (e.g., potential disease transmission) of such treatments in wild species.



Microbiome in Health and Disease

Infectious diseases are major threats to wildlife species. In marsupials, a well-known example is Chlamydia infections in koalas. Infections caused by Chlamydia pecorum and Chlamydia pneumoniae can cause conjunctivitis, blindness, pneumonia, urinary tract and reproductive tract infections, and infertility (Brown et al., 1987). Antibiotic treatments are routinely used in wildlife hospitals to treat infections, but have been suggested to cause disruptions to the normal intestinal microbial communities, resulting in adverse side effects (Polkinghorne et al., 2013; Dahlhausen et al., 2018). Results from a study by Dahlhausen et al. (2018) found that koalas that were treated with antibiotics for chlamydia and subsequently died had lower microbial diversity and abundance of tannin-degrading bacteria, Lonepinella koalarum, in their gut than koalas recovered after treatment. Although the study did not detect a significant difference in the gut bacterial richness between antibiotic-treated koalas and control individuals, possibly at least partly due to the limited number of controls (two koalas), the comparison of microbiome between pre-treatment and post-treatment samples revealed that antibiotic treatments may influence the composition and adaptation of gut microbiome of koalas and affect the abundance of beneficial microbes with functions (such as detoxification of Eucalyptus) essential to the health and survival of the species.

With increasing usage of antibiotics in wildlife medicine, antibiotic resistance is of growing concern for the health and conservation of threatened species (West et al., 2019). Evidence of antibiotic resistance has been detected in a number of wildlife species including Iberian lynx (Lynx pardinus) (Sousa et al., 2014) and the Australian sea lions (Neophoca cinerea) (Delport et al., 2015). In marsupials, bacterial genetic elements associated with antibiotic resistance genes (class 1 integrons) have also been found in the gut microbiome of the endangered brush-tailed rock-wallabies (Petrogale penicillata) living in captivity (Power et al., 2013). This raises concerns about the future effectiveness of antibiotic treatments, as well as the potential spread of resistance into wild populations through the translocation of these captive individuals. Careful use of antibiotic treatment, as well as continuous efforts to develop antibiotic alternatives, are paramount to prevent the rise of antibiotic-resistant diseases in threatened wildlife.

Another emerging field of research in wildlife gut microbiome is the study of the gut virome. So far, the overall knowledge on functions of gut virome is still quite limited even in model species. Most of the current understanding on the potential beneficial effect of gut viruses surrounds bacteriophages, which have been suggested to play a part in regulating and maintaining the balance of bacterial community (Ogilvie and Jones, 2015). Emerging evidence also suggests that gut viruses interact with the host immune system and are likely sources of immune variation (Neil and Cadwell, 2018). The Tasmanian devil was the first marsupial species in which the gut viral communities have been characterized in great depth (Chong et al., 2019b). Identification of viruses, some of which are potentially pathogenic is important for understanding and safeguarding devil health. Further work is required to elucidate the pathogenicity of novel viruses. The use of a metagenomics approach to categorize the viral components of the gut microbiome in marsupial is still in its infancy but has enormous coding potential. Current knowledge on the diversity of viruses found in marsupials is scarce and virome studies will provide important baseline health information, as well as insights into host-microbe interactions and the phylogenetic history of viruses infecting this evolutionary unique group of mammals.



CONCLUSION

Australia has one of the highest extinction rates of mammals in the world (Woinarski et al., 2015). Conservation biologists are constantly searching for ways to protect threatened wildlife species from extinction. With advances in sequencing technology, our ability to catalog and study the complex host-associated gut microbiome has improved substantially in recent years. Consequently, there has been a paradigm shift focusing on understanding the importance of the gut microbiome in threatened wildlife species and how the knowledge gained can contribute to conservation efforts. In this review, we have provided numerous examples of how studying the gut microbiome has advanced our understanding of marsupial biology (such as the complex microbial digestion of toxic Eucalyptus in koalas), as well as how to facilitate conservation through managing the microbiome in captive populations and during translocations. In addition, the ability to manipulate the gut microbiome through methods such as fecal inoculations proves to be an exciting avenue for future research in wildlife health. For many marsupial species, baseline characterization of their gut microbiome is still required. This will be an essential first step in understanding the overall patterns of microbial composition and diversity, thus providing a springboard for studying dysbiosis, particularly in relation to multiple anthropogenic pressures and environmental changes, such as captive management and habitat disturbances.
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Majority of metagenomic studies in the last decade have focused on revealing the gut microbiomes of humans, rodents, and ruminants; however, the gut microbiome and genic information (gene catalog) of large felids such as Panthera species are largely unknown to date. In this study, the gut bacterial, fungal, and viral metagenomic composition was assessed from three Panthera species (lion, leopard, and tiger) of Indian origin, which were consuming the same diet and belonged to the same geographical location. A non-redundant bacterial gene catalog of the Panthera gut consisting of 1,507,035 putative genes was constructed from 27 Panthera individuals, which revealed a higher abundance of purine metabolism genes correlating with their purine-rich dietary intake. Analysis with Carbohydrate Active enZyme (CAZy) and MEROPS databases identified enrichment of glycoside hydrolases (GHs), glycoside-transferases, and collagenases in the gut, which are important for nutrient acquisition from animal biomass. The bacterial, fungal, and viral community analysis provided the first comprehensive insights into the Panthera-specific microbial community. The Panthera gene catalog and the largest comparative study of the gut bacterial composition of 68 individuals of Carnivora species from different geographical locations and diet underscore the role of diet and geography in shaping the Panthera gut microbiome, which is significant for the health and conservation management of these highly endangered species.
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INTRODUCTION

The mammalian gut is colonized by a community of diverse microorganisms that are essential for the maintenance of host health, metabolism, and homeostasis (Ley et al., 2008b; Mcfall-Ngai et al., 2013; Mandal et al., 2015). The gut microbial community is affected by several factors, among which diet is the most crucial factor in shaping it (Ley et al., 2008a; David et al., 2014). The gut microbiome composition is well-studied for humans, rodents, and ruminants; however, its composition in the felids is largely unexplored (Ley et al., 2008b; Qin et al., 2010). A few previous studies have indicated that the gut community in felids is composed of several hundred microbial phylotypes with predominance of phylum Firmicutes followed by the phyla Proteobacteria, Actinobacteria, and Bacteroidetes (Barry et al., 2012; Tun et al., 2012; Menke et al., 2014; Duarte et al., 2016; He et al., 2018a; Zhu et al., 2018). At the genus level, Fusobacterium, Clostridium, Sutterella, Fusibacter, Collinsella, Escherichia, Peptostreptococcus, and Phascolarctobacterium have been found abundant in the felids (Barry et al., 2012; Tun et al., 2012; Menke et al., 2014; Duarte et al., 2016; He et al., 2018a; Zhu et al., 2018). The felids gut microbiome is specialized to use proteins as an energy source and is affected by the amount of fiber content in the diet (Barry et al., 2012; Di Sabatino, 2019).

Among the felids, species of the genus Panthera are the largest felids that reside at the top of the food chain and are also among the highly endangered species in the world. They are obligate carnivores, adapted to consume high-protein and fat diets, which is substantially different from the diet of other mammals. Recently, enormous efforts have been made to reveal the genomic basis of evolution and adaptation to hypercarnivory in these species (Cho et al., 2013; Kim et al., 2016; Figueiro et al., 2017; Mittal et al., 2019). However, understanding of the vast genetic repertoire of the gut microbiome is also essential to elucidate their adaptations. It is also likely to help in studying the gut microbiome–host metabolism interactions, adaptation to hypercarnivory, and for devising better health, conservation, and population management strategies of these highly endangered species (Bahrndorff et al., 2016).

To elucidate the microbial composition and functional repertoire, metagenomic analysis of 21 individuals of three Panthera species, lion (Panthera leo), leopard (Panthera pardus), and tiger (Panthera tigris), from Central India was carried out in this study. The individuals from these three species were on the same diet and location, which makes it a unique study to assess the influence of genetic factors in shaping the gut microbiome, while keeping diet and location constant. The structure of the gut bacterial community was determined using 16S rRNA amplicon and shotgun metagenomic sequencing. The fungal community was assessed using ITS1 region amplicon sequencing, and sequencing of virus-like particles (VLPs) revealed the viral community structure in the gut. A comparative analysis of gut microbial composition and functional profiles of Panthera species with other species of order Carnivora provided novel insights into the gut microbiome of these species.



MATERIALS AND METHODS


Sample Collection and Metagenomic DNA Extraction

Fecal samples of healthy lion (n = 3), Indian leopard (n = 9), and Bengal tiger (n = 9) were collected fresh in nature from the Van Vihar National Park, Bhopal, India, and brought to the laboratory at 4°C immediately after collection. Bacterial metagenomic DNA was isolated from all the fecal samples using QIAamp Stool Mini Kit (Qiagen, Valencia, CA, United States) according to the manufacturer’s instructions.

The fungal DNA was extracted by using Mo Bio Power Soil DNA isolation kit (Mo Bio Laboratories, United States) with minor modifications. Approximately 200 mg of each fecal sample was added to the PowerBead tubes with 200 μl zymolyase 20 T solution (0.01% in 0.1 M sorbitol) (MP Biomedicals, Irvine, CA, United States). The tubes with samples were vortexed for a few seconds and incubated at 30°C for 30 min. After addition of 60 μl of Solution C1, the tubes were allowed to bead-beat at 4,600 r/min for 280 s. The tubes were then centrifuged at 10,000 × g for 1 min. Further steps were followed as per the manufacturer’s instructions. The DNA was eluted in 50 μl of elution buffer (Qiagen A, United States). The extracted fungal DNA was used for amplification of fungal ITS1 region.

Fungal and bacterial DNA concentration was estimated by Qubit HS dsDNA assay kit (Invitrogen, Carlsbad, CA, United States), and quality was estimated by agarose gel electrophoresis. All the DNA samples were stored at −80°C until sequencing.



Bacterial 16S rRNA V3 and Fungal ITS1 Amplification

Equal concentration of bacterial and fungal DNA (∼1 ng) was used for PCR amplification of bacterial 16S rRNA V3 hypervariable region and fungal ITS1 region, respectively. The amplification of bacterial 16S rRNA V3 region was performed using Illumina Nextera XT adapter-ligated eubacterial V3 region-specific primers, 341F and 534R, with three different base modifications (Wang and Qian, 2009; Soergel et al., 2012). Nucleotide bases were introduced in different numbers to increase the overall sequence diversity of the samples, thus improving the quality of the sequenced data. Bacterial DNA samples were divided into three groups and amplified using the three different primers. However, since ITS1 sequences are quite diverse across the fungal species (Wang et al., 2015), this approach was not used for fungal ITS1 amplification.

Primer sequences for amplification of bacterial 16S rRNA V3 region are as below (the base inclusions are marked in bold): The underlined regions in all the primer sequences are the Illumina Nextera XT adapter overhangs, whereas the non-underlined regions are the primer sequences known to target eubacterial 16S rRNA V3 region or fungal ITS1 region, respectively.


1. 341F_ADA_2B

5′ TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG CTCCTACGGGAGGCAGCAG 3′

534R_ADA_2B

5′ GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG CTATTACCGCGGCTGCTGGC 3′




2. 341F_ADA_3B

5′ TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG CATCCTACGGGAGGCAGCAG 3′

534R_ADA_3B

5′ GTCTCGTGGGCTCGGAGATGTGTATAAGAGAC AGACTATTACCGCGGCTGCTGGC 3′




3. 341F_ADA_4B

5′ TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG TCATCCTACGGGAGGCAGCAG 3′

534R_ADA_4B

5′ GTCTCGTGGGCTCGGAGATGTGTATAAGAGAC AGCTATATTACCGCGGCTGCTGGC 3′.



The optimized PCR conditions were: initial denaturation at 94°C for 5 min, followed by 35 cycles of denaturation at 94°C for 30 s, annealing at 69°C for 30 s, extension at 72°C for 30 s, and a final extension cycle at 72°C for 5 min. Paq5000 DNA polymerase (Agilent Technologies, United States) was used, and 5% dimethyl sulfoxide (DMSO) was added to the master mix to enhance the concentration of amplified product from the metagenomic template.

The amplification of fungal ITS1 region was performed using Illumina Nextera XT adapter-ligated ITS1 region-specific primers, ITS1-ADA-F and ITS1-ADA-R (Ihrmark et al., 2012; Tonge et al., 2014).

Primer sequences for amplification of fungal ITS1 region:

ITS1-ADA-F

5′ TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGCT TGGTCATTTAGAGGAAGTAA 3′

ITS1-ADA-R

5′ GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGG CTGCGTTCTTCATCGATGC 3′.

The optimized PCR conditions were: initial denaturation at 95°C for 15 min (polymerase was added after this stage), followed by 35 cycles of denaturation at 94°C for 1 min, annealing at 66.5°C for 2 min, extension at 72°C for 2 min, and a final extension cycle at 72°C for 10 min. Paq5000 DNA polymerase (Agilent Technologies, United States) was used, and a final concentration of 2.5 mM MgCl2 was added to the PCR master mix to enhance the amplification of ITS1 region.



Extraction of Virus-Like Particles for Virome Analysis

The purification of VLPs and DNA extraction was carried out by minor modification in the protocol suggested by Reyes et al. (2015). Approximately 100 mg of animal fecal sample was suspended in 800 μl of SM buffer [100 mM NaCl, 8 mM MgSO4, 50 mM Tris (pH 7.5), and 0.002% gelatin (wt/vol)] and homogenized by vortexing for 5 min. For removal of large particles and bacterial cells, the tubes were centrifuged twice at 5,000 × g for 10 min at 4°C. The supernatant was passed once through 0.45-μm pore diameter syringe filter and twice through 0.22-μm pore diameter syringe filter. Then, 20 μl lysozyme (10 mg/ml) was added to the filtrate and incubated at 37°C for 30 min, followed by 10 min incubation with 0.2 volume of chloroform. The samples were then centrifuged at 2,500 × g for 5 min at room temperature. The aqueous phase was collected and incubated with 3 U of DNase-I and 20 μl of 10 × DNase buffer for 1 h at 37°C. Further, the inactivation of DNase-I was done by incubating the samples at 65°C for 15 min. The samples were then incubated with 10 μl of 10% sodium dodecyl sulfate (SDS) and 1 μl of 20 mg/ml proteinase K for 20 min at 56°C, and further incubation for 10 min at 65°C with 35 μl of 5 M NaCl and 28 μl of cetyl trimethylammonium bromide solution (10% CTAB in 0.7 M NaCl). Equal volume of phenol:chloroform:isoamyl alcohol (25:24:1) was added and centrifuged at 8,000 × g for 5 min at room temperature. The aqueous phase was collected and centrifuged at 8,000 × g for 5 min at room temperature with an equal volume of chloroform.

The aqueous phase mixed with 500 μl ethanol was passed through DNeasy Mini spin column (Qiagen, United States) at ≥6,000 × g for 1 min. The remaining steps for elution were performed using the DNeasy Blood and Tissue Kit (Qiagen, United States) according to the manufacturer’s protocol, and finally the DNA was eluted in 20 μl of elution buffer. The extracted DNA was amplified using Illustra GenomiPhi V2 DNA amplification kit, according to the manufacturer’s instructions. The DNA was purified and eluted in 20 μl of elution buffer using DNeasy Blood and tissue kit’s elution protocol. Quality control assays were performed using 16S rDNA PCR to confirm the absent to negligible bacterial DNA contamination using the above protocol.



Bacterial 16S rRNA V3 and Fungal ITS1 Sequencing

After evaluating the amplified products on 2% w/v agarose gel, the products were purified using Ampure XP kit (Beckman Coulter, Brea, CA, United States). The libraries were prepared using Illumina 16S metagenomic library preparation guide and evaluated on 2100 Bioanalyzer using Bioanalyzer DNA 1000 kit (Agilent, United States) to estimate the library size and Qubit 2.0 flourometer using Qubit dsDNA HS kit (Life technologies, United States) to estimate the library concentration. After this, 150 bp paired-end sequencing of both the libraries was performed on the Illumina NextSeq 500 platform (Illumina, United States) using NextSeq 500/550 v2 sequencing reagent kit (Illumina Inc., United States) at the Next-Generation Sequencing (NGS) Facility, Indian Institute of Science Education and Research (IISER) Bhopal, India.



Shotgun Metagenome and Virome Sequencing

The extracted metagenomic and virome DNA were used to prepare the sequencing libraries using Illumina Nextera XT sample preparation kit (Illumina Inc., United States) by following the manufacturer’s protocol. Size of all the libraries was assessed on the Agilent 2100 Bioanalyzer using Agilent high sensitivity DNA kit (Agilent Technologies, Santa Clara, CA, United States) and were quantified on a Qubit 2.0 fluorometer using Qubit dsDNA HS kit (Life Technologies, United States) and by qPCR using KAPA SYBR FAST qPCR Master mix and Illumina standards and primer premix (KAPA Biosystems, Wilmington, MA, United States) following the Illumina-suggested protocol. Both the shotgun metagenomic and virome libraries were loaded on Illumina NextSeq 500 platform using NextSeq 500/550 v2 sequencing reagent kit (Illumina Inc., United States), and 150 bp paired-end sequencing was performed at the NGS Facility, IISER Bhopal, India.



16S and ITS-1 Amplicon Analysis

Raw sequencing reads were processed to obtain high-quality reads for further analysis. First, the ambiguous bases in the 5′ or 3′ ends of the raw reads were trimmed using NGSQC toolkit (v2.3.3) (Patel and Jain, 2012), and then reads with >3 ambiguous bases and length <60 bases were removed. Paired-end reads were merged to single long reads using FLASH (v1.2.11) (Magoc and Salzberg, 2011), and the reads having quality more than 30 for 80% bases were considered as high-quality reads for further analysis. The primer sequences from these reads were trimmed from both ends using cutadapt (v1.8.3) (Martin, 2011), and the reads without the primer sequences were discarded.

The high-quality reads were then clustered at 97% identity against Greengenes database (v13_8) as reference using QIIME (v1.9.1) for 16S amplicons (Caporaso et al., 2010). The ntf ITS-1 database was used as a reference database for taxonomic assignment (Motooka et al., 2017). For the reads which failed closed reference picking, de novo clustering was performed at 97% identity using UCLUST and they were assigned using lowest common ancestor approach against the Greengenes database for 16S and ntf ITS-1 database for ITS1 amplicons. The operational taxonomic units (OTUs) with less than 100 sequences were filtered out from the analysis.



Comparative Analysis

The bacterial community structure of nine Bengal tigers, nine Indian leopards, and three lions used in this study were compared with other datasets obtained from NCBI SRA: 13 North Chinese leopards and eight Amur leopards (SRR7229827-47), two Malayan tigers (SRR6147361 and SRR6147362), one caracal (SRR6841704), three cheetahs (ERR2821256, ERR2821310, and ERR2821311), five African wild dogs (ERR2821271, ERR2821340-43), four wolves (ERR2821250-51, ERR2821276, ERR2821345), and five foxes (ERR1804913-17). The raw reads were processed to obtain high-quality reads for all samples as mentioned above. Data produced using Ion torrent were first converted to Illumina format using NGSQC toolkit and then processed further. For single-end reads, the step involving merging using FLASH was skipped. Closed reference followed by de novo clustering of remaining reads was performed using similar criteria mentioned above.

The alpha diversity of bacteria in each sample was assessed using Shannon indices and observed OTUs, and rarefactions were performed from 100 sequences to a maximum of 560,000 sequences using QIIME. The beta diversity was estimated using weighted UniFrac distances in QIIME. The alpha diversity of fungi in each sample was assessed using Shannon indices and observed OTUs, and rarefactions were performed from 100 sequences to a maximum of 10,000 sequences using QIIME. The principal component analysis (PCA) of taxonomic profiles of all samples was performed using PCA–sklearn in Python. The genus with >1% abundance in either sample was considered in this analysis. The top two principal components were plotted.



Virome Analysis

Raw metagenomic reads of seven Bengal tigers, nine Indian leopards, and three lions generated in this study were processed to obtain high-quality reads for further analysis. Firstly, the low-quality bases in the 5′ or 3′ ends were removed from the raw reads, and then ambiguous bases at both ends were trimmed using NGSQC toolkit (v2.3.3) (Patel and Jain, 2012). The reads having quality more than 30 for 80% bases were considered as high-quality reads for further analysis. The filtered reads were aligned against a downloaded set of 2,401 bacterial genomes from NCBI RefSeq to remove bacterial contamination in the reads. Since virus genomes usually carry 10% of bacterial genome, a coverage-based criterion was used to identify the bacterial contaminants as described previously (Moreno-Gallego et al., 2019) using Bowtie-2 (v2.2.3) for alignment and Samtools (v1.4) for calculating the bacterial coverage. The reads mapping to these bacterial contaminants were discarded. The remaining reads were used for de novo assembly using metaSPAdes (Nurk et al., 2017) for each sample separately. The identified contigs and reads from each sample were pooled, and a second round of assembly was performed using metaSPAdes (Nurk et al., 2017). The reads were then mapped to these contigs for quantification.

A total of 11,345 viral genomes were downloaded from NCBI along with their taxonomic information. The taxonomic assignment of contigs at family level was performed using dc_megablast against the downloaded viral genomes as described previously (Norman et al., 2015).



Correlation of Bacterial, Fungal, and Viral Taxa

To examine the correlations among bacterial, fungal, and viral taxa, pair-wise Spearman correlation was calculated between (1) bacterial and fungal genera, (2) fungal genera and viral families, and (3) bacterial genera and viral families in R. The taxa with at least 1% abundance in mean values were used to find the correlations.



Shotgun Metagenomic Analysis

Raw metagenomic reads of nine Bengal tigers, nine Indian leopards, and three lions generated in this study were processed to obtain high-quality reads for further analysis. Sequencing reads from six Amur tigers were also obtained from NCBI SRA database (SRR6155883-85, SRR6256454-56). First, the low-quality bases in the 5′ or 3′ ends were removed from the raw reads, and then ambiguous bases at both ends were trimmed using NGSQC toolkit (v2.3.3) (Patel and Jain, 2012). The reads having quality more than 30 for 80% bases were considered as high-quality reads for further analysis. The filtered reads were aligned with mammalian genomes to remove human/host contamination in the reads.


Construction of Gene Catalog

De novo assembly of all the samples was performed using high-quality reads with metaSPAdes (v3.13.0) (Bankevich et al., 2012). Genes were predicted on the contigs (>300 length), obtained after assembly, using MetaGeneMark (Zhu et al., 2010). The reads were also aligned to microbial genomes obtained from NCBI RefSeq and HMP to identify highly abundant species using metagenomic data. The alignment was performed using blastn with cutoff parameters: identity ≥ 90% and e-value < 1e-06 in the top hit. The complete gene sets of microbes were retrieved when more than 5% of the reads in any sample mapped to the microbial genome. Thus, the gene sets of 33 microbial species were retrieved from NCBI RefSeq. To construct a non-redundant gene catalog, the genes obtained after prediction from contigs and from the top abundant microbial species were clustered using CD-HIT (v4.6) (Li and Godzik, 2006) using a sequence identity cutoff of 0.95 and minimum coverage cutoff of 0.9 for shorter sequences as reported previously (Karlsson et al., 2013).



Relative Gene Abundance and Functional Annotation

To assess the abundance of genes, reads were aligned to the gene catalog using Bowtie2 (v2.2.3) (Langmead and Salzberg, 2012). For each primary alignment, the mapped read was counted as one copy. The copy number of each gene and its relative abundance were calculated as described previously (Qin et al., 2012).

The putative amino acid sequences which translated from the gene catalog were aligned against the Kyoto Encyclopedia of Genes and Genomes (KEGG), Carbohydrate Active enZyme (CAZy) (Lombard et al., 2014), and MEROPS (Rawlings et al., 2014) using blastp (e-value < 1e-5), and each protein was assigned by the highest scoring hit(s) containing at least one HSP scoring over 60 bits and identity >60.



RESULTS

In this study, a comprehensive analysis of the gut metagenomic community of Panthera species was carried out to study the bacterial, fungal, and viral community structure. A total of 21 individuals from three Panthera species, lion, leopard, and tiger, were included in this study (Supplementary Table 1). All the individuals were on the same carnivorous diet at the same location, which removes any bias arising due to varying diet and geography.


Metagenomic Diversity of the Panthera Gut

The bacterial diversity of 21 individuals from three Panthera species was estimated using 27,032,912 paired-end reads (∼1.3 million reads per sample) generated from amplicon sequencing of V3 hypervariable region of 16S rRNA gene (Supplementary Table 2). The fungal diversity was estimated using 12,191,230 paired-end reads (∼0.76 million reads per sample) of ITS1 region from 16 (out of 21) individuals. A total of 2,727 bacterial OTUs were identified in the samples after clustering at 97% identity, among which 1,785 OTUs were obtained by using reference-based clustering, and 942 OTUs were obtained by de novo clustering. A total of 392 OTUs were identified after clustering the ITS1 amplicon sequences. The rarefactions analysis revealed that the amount of sequences generated per sample sufficiently estimates the bacterial and fungal species diversity (Figure 1). The Shannon diversity index of bacterial community varied in the range of 3.9–6.2, which is similar to other free-ranging carnivore species (Menke et al., 2014). The fungal diversity showed substantial variation among the individuals, ranging from 0.8 to 6.1 (Supplementary Figure 1).
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FIGURE 1. The alpha diversity estimates from (A) V3 hypervariable region of 16S rRNA and (B) ITS-1 amplicon sequences. The left charts show the rarefaction curves of the number of observed operational taxonomic units (OTUs) with respect to the number of sequences. The box plots in the right show the Shannon index estimates using the maximum number of sequences.



Phylogenetic Assessment of Bacterial Gut Microbiome of Panthera

The phylogenetic assignment of the bacterial OTUs revealed that the phylum Fusobacteria was the most abundant phylum in lion (35%), and phylum Firmicutes was most abundant in tiger (40%) and leopard (32%) (Supplementary Figure 2). These phyla were also found abundant in the earlier feline gut microbiome studies, with Firmicutes showing the highest abundance (Ritchie et al., 2008; Desai et al., 2009; Handl et al., 2011; Delsuc et al., 2014; He et al., 2018b). At the genus level, Fusobacterium showed the highest abundance in lion (35%) and leopard (24%) samples, and the genus Collinsella was the most abundant in tiger (14%) (Figure 2). A recent study on Amur tigers showed a higher abundance of Escherichia (24%) in their gut microbiome; however, in this study, its abundance was less than 1% in all the Panthera individuals (He et al., 2018a). Other bacterial genera, including Sutterella, Clostridium, Fusibacter, Peptostreptococcus, and Phascolarctobacterium, showed abundance between 1 and 7% in the Panthera gut. These genera have also been identified as abundant in tiger, cheetah, and jackal previously (Menke et al., 2014; He et al., 2018a, b). A large number of sequences (22%) could not be assigned at the genus level, and their count showed substantial variation among the samples (5–64%). The highest number of unassigned sequences was identified in one individual of tiger, TG5 in which 45% of reads were assigned to an unknown genus of family Pseudomonadaceae. Significant differences in the abundance of bacterial genera Bacteroides and Parabacteroides between leopard and tiger and Sutterella between lion and tiger were observed (Mann–Whitney U-test, P-value < 0.05; Supplementary Figure 3). This suggests that species-specific differences exist in the gut microbiome even in the closely related Panthera species having a similar diet.
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FIGURE 2. Bar plots showing the topmost abundant bacterial genera present in the Panthera gut microbiome. The genera with more than 1% abundance are shown.




Phylogenetic Assessment of Panthera Gut Mycobiome

Analysis of ITS1 OTUs revealed the predominance of Ascomycota (50%) and Basidiomycota (32%) in the gut (Supplementary Figure 4). Two other phyla, Mucoromycota and Olpidiomycota, were detected in smaller proportions (<0.2%) in few samples. The proportions of the topmost abundant fungal genera showed drastic variations among the samples (Figure 3). The genus Trichosporon (mean abundance: 18%) was identified as the most abundant (>80%) genus in a few samples and less than 10% in most samples of the Panthera species. The genus Fusarium (10%) was found as the second most abundant genus in the Panthera gut. Other genera, including Cladosporium, Rhodosporidiobolus, Chaetomium, Phoma, Aspergillus, Cutaneotrichosporon, and Edenia, were also found abundant (>2%) in the gut. Species of genus Trichosporon and Aspergillus have been found abundant in felids.
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FIGURE 3. Bar plots showing the topmost abundant fungal genera present in the Panthera gut microbiome. The genera with more than 1% abundance are shown.




Phylogenetic Assessment of Panthera Gut Virome

A total of 31,446,701 paired-ends reads were generated after sequencing of the VLPs. Taxonomic assignment of the virome contigs majorly identified Caudovirales, Poxviridae, Mimiviridae, and Microviridae family of viruses. Only 13% of virome contigs could be assigned to a taxonomic level, indicating the enormous sequence variation present in these viruses. The viral genomic reads assignment and quantification revealed a higher abundance of Caudovirales viruses in the Panthera gut (32% in lion and 41% in leopard) (Figure 4). Microviridae (14%) and Poxviridae (6%) also showed high abundance in lion individuals. In tiger, 82% of the reads could not be assigned to any known viruses. Previous studies suggest that viruses belonging to Caudovirales and Microviridae are commonly found in the mammalian gut microbiome (Mills et al., 2013; Xu et al., 2013; Di Sabatino, 2019). Phage such as Twort from the order Caudovirales has been identified as abundant in the feline and canine gut microbiota previously (Tun et al., 2012; Di Sabatino, 2019). In this study, Clostridium phages “phiS63,” “c-st,” “phi24R,” “phi8074-B1,” and Bacteroides phage “B40-8” from the order Caudovirales were among the highly abundant viruses in the Panthera feces (Supplementary Data Sheet 1). A large number of Clostridium phages (282 contigs) and their higher abundance were identified in the Panthera feces. In Microviridae family, “Lynx canadesis associated microvirus CLP 9413,” previously identified in feline feces (Kraberger et al., 2018), was among the most abundant viruses in the Panthera gut. “BeAn 58058” virus from Poxviridae family was also found abundant in the Panthera gut. The Poxvirus “BeAn 58058,” first isolated from a rodent species in Brazil, was the only eukaryotic virus detected in this study.
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FIGURE 4. Bar plots showing the topmost abundant virus families present in the Panthera gut microbiome. The families with more than 1% abundance are shown.




Correlation of Bacterial, Fungal, and Viral Taxa

Pair-wise Spearman correlations were calculated among the bacterial genera, fungal genera, and viral families. The analysis revealed a significant negative correlation of Collinsella and Fusarium (ρ = −0.5), Ruminococcus with Phoma and Culvularia (ρ = −0.5), and Sutrella with Aspergillus and Chaetomium (ρ = −0.6) (Supplementary Table 3). Positive correlations of Caudovirales and fungal genera Phoma (ρ = 0.6) and Microviridae with Curvularia and Edenia (ρ = 0.6) were also observed.



Functional Assessment of the Panthera Gut Microbiome

Functional analysis of the gut microbiome was carried out using 552,953,078 high-quality metagenomic reads from 27 Panthera individuals (Supplementary Table 4). These included data from 21 individuals from this study and data from six Amur tiger individuals obtained from previous studies (He et al., 2018a). A total of 1,507,035 open reading frames (ORFs) were identified in the gene catalog of gut metagenome after clustering the predicted ORFs. The identified genes were annotated using the KEGG database, and the genes were categorized based on KEGG Orthologs (KO) and Pathways. A total of 967,179 ORFs from the gene catalog could be assigned using the KEGG database, which corresponds to 64% of the total genes. Among the annotated genes, a total of 23,926 genes were assigned to peptidases/proteinases, and 12,800 genes were assigned to ABC transporters. Genes encoding hemolysin proteins, such as hemolysin A (hlyA), hemolysin D (hltD, cyaD), hemolysin III (hylIII), hemolysin erythrocyte lysis protein, and hemolysin activation/secretion (shlB, hhdB, hpmB), were also identified in the gene catalog of Panthera species gut. Perfringolysin O regulator protein, which is a cholesterol-binding cytolysin, was also identified in the gene catalog. These genes could play essential roles in the uptake of nutrients from blood and adipose tissues of animals.

At the functional level, the most abundant pathways identified were “Biosynthesis of amino acids,” “Purine metabolism,” “Pyrimidine metabolism,” “Carbon metabolism,” “ABC transporters,” and “Ribosome” (Figure 5). The higher abundance of these pathways was also reported earlier in the gut microbiome of Amur tigers (He et al., 2018a). “Ribonucleoside-diphosphate reductase alpha chain” (EC1.17.4.1), “Ribonucleoside-triphosphase reductase” (EC:1.17.4.2), and dUTP pyrophosphatase (EC:3.6.1.23) were among the top 10 most abundant KOs in the gut microbiota. These genes are involved in purine and pyrimidine metabolism. Purine metabolism is essential for uric acid degradation in the intestine, and its higher abundance corroborates with previous reports on association of the pathway with purine-rich diet in these hypercarnivores (Zhu et al., 2018). The higher abundance of pathways related to genetic material processing “Mismatch repair,” “Homologous recombination,” “DNA replication,” and “Aminoacyl-tRNA biosynthesis” were also observed among the top 10 most abundant pathways.
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FIGURE 5. Box plots showing the top 10 most abundant functional pathways identified using the Kyoto Encyclopedia of Genes and Genomes (KEGG) annotation in gut (bacterial) microbiome of lion (green), leopard (orange), Bengal tiger (red), and Amur tiger (blue).


Annotation of genes using the CAZy database revealed the higher abundance of three families of enzymes, glycosyltransferase (GT), glycoside hydrolase (GH), and carbohydrate-binding modules (CBMs). Among the GTs, the subfamilies GT2 and GT4 were the two topmost abundant subfamilies identified in Panthera (Supplementary Table 5). The lysozymal “active” enzymes (EC 3.2.1.17) were highly abundant in the Panthera gut that are possibly required for the digestion of glycerol, sugars, and amino acids from glycoproteins, glyco(amino)lipids, glyco(amino)glycans, and nucleoside diphosphate sugars. Alpha-amylase was among the other abundant carbohydrate-active enzymes, which plays vital roles in the utilization of dietary starch and proteins in mammals (Pusztai et al., 1995). A higher abundance of β-glucosidase and β-xylosidase enzymes was also observed in the gut metagenome of these species.

MEROPS is a comprehensive database of peptidases and proteinases, which are grouped into different families (Rawlings et al., 2014). Annotation of genes was carried out with MEROPS database to identify peptidases/proteinases encoded by microbes in the Panthera gut. The analysis identified a total of 24,526 unique MEROPS genes. These genes were highly enriched (>8% abundance) for Subfamily M23B unassigned peptidases, which are zinc metalloendopeptidases. Among other abundant enzymes were prolinases, carboxydipeptidases, and carboxypeptidases (Supplementary Table 6). High abundance of collagenases, which helps in the degradation of collagen, was also observed. Serine and cysteine peptidases were particularly abundant in the gut, which has been previously reported in the mammalian gut (Biancheri et al., 2013). The high abundance of cysteine protease ATG4 (EC:3.4.22.-) was also observed in the KEGG analysis. The identification of a large number of peptidases, including the high abundance of collagenases, in the gut microbiome correlates with the animal-based diet of these carnivores.

In addition, comparison of functional profiles of leopard and tiger gut has revealed differences in several KO (Supplementary Data Sheet 2). At the pathway level, significant differences were observed in the abundance of “Naphthalene degradation,” “ABC transporters,” “Limonene and pinene degradation,” “Xylene degradation,” “Chloroalkane and chloroalkene degradation,” and “Glycerolipid metabolism” between leopard and tiger (Mann–Whitney U-test, P-value < 0.001; Supplementary Data Sheet 3).



Comparative Analysis of Gut Microbiome in Carnivora Species

Several studies suggest that geography and diet are the critical confounding factors that can alter the gut microbiota of mammals (Fallani et al., 2010; Scott et al., 2013; David et al., 2014). The effects of these factors are minimized in this study as the subjects were living at the same geographical location and consumed the same diet. Thus, the study provides an excellent opportunity to understand the species-specific differences in bacterial diversity while the effect of two critical confounding factors was minimal. Interestingly, the principal coordinates analysis (PCoA) carried out using the weighted UniFrac distances did not show any species-specific clustering (Figure 6A). The gut bacteria showed no grouping based on host (Anosim R-value = 0.076, p-value = 0.19).
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FIGURE 6. Differences in the fecal microbial communities of Panthera species using dimensionality reduction methods. (A) Principal coordinates analysis (PCoA) plot of weighted UniFrac distances of gut bacteria of the 21 individuals. (B) Principal component analysis (PCA) plot of gut bacterial composition of Indian leopard (this study), Amur, and North Chinese leopards (data from previous studies). (C) PCoA plot of Hellinger distances calculated using functional profile [Kyoto Encyclopedia of Genes and Genomes (KEGG) Orthologs] in the 21 Panthera individuals (this study) and six Amur tigers.


To understand whether geography plays a role in shaping the gut microbiota of these species, PCA was carried out between nine Indian leopards of this study, and eight Amur leopards and 13 North Chinese leopards from previous studies (Han et al., 2019). The analysis revealed separate clustering of Indian leopards from the two other leopard subspecies (Figure 6B). A similar observation was apparent on comparison of the functional profiles of Panthera gut including the Bengal and Amur tigers, where the Amur tigers were separated from the other individuals on PC1 (Figure 6C; Adonis R-squared value = 0.205, p-value < 0.001). The observed differences in the gut metagenome of the same Panthera species belonging to different geographical locations reaffirm the key impact of geographical locations in shaping the gut microbiome composition (Fallani et al., 2010).

To further understand the gut microbiota composition of Panthera species in light of previously studied composition in hypercarnivores, we analyzed the data (bacterial amplicon 16S rRNA) from 48 felids and 14 canids (Supplementary Table 7). In the PCA, the foxes (among the canids) formed a completely separate cluster from all other species (Figure 7). The separate clustering of foxes could be explained by their distinct diet that includes a variety of food including fruits, whereas all other species are obligate carnivores. These findings suggest the crucial role of diet and geography in shaping the gut microbiome of these species.
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FIGURE 7. Principal component analysis (PCA) plot showing the differences in the fecal microbial communities of 62 Carnivora individuals explaining 17% of the total variance. Fox (violet color) formed a separate cluster from all other species.




DISCUSSION

Recent studies have revealed that the host-associated gut microbiota significantly influences the host health and, therefore, the understanding of gut microbiota of the endangered species is important for their better management and conservation (Mandal et al., 2015; Allan et al., 2018; Trevelline et al., 2019). However, the gut microbiome of highly endangered species such as the Panthera species is poorly characterized. Here, we performed a comprehensive gut microbiome study of these threatened Panthera species present in India. The gut of mammals is majorly inhabited by bacterial, fungal, and viral (bacteriophages) species. Therefore, in this work, the bacterial, fungal, and viral species present in the gut are studied to have a complete understanding of the gut microbiota of hypercarnivores, specifically the Panthera species of Indian origin.

In the diversity analysis, it was apparent that the number of sequences generated per sample was sufficient to estimate the complete bacterial and fungal species diversity present in the sample (Figure 1). The higher abundance of Fusobacterium and Collinsella species observed in the Panthera individuals in this study was also reported previously in Amur tigers (He et al., 2018a, b). Collinsella has been reported to play a role in altering intestinal cholesterol absorption, decreasing glycogenesis in the liver, and increasing triglyceride synthesis in humans, and its abundance reduces with the increase in fiber-rich diet (Chow et al., 2011; Gomez-Arango et al., 2018). These findings are consistent with the high abundance of Collinsella in Panthera gut, where the fiber intake is minimal. The higher abundance of Clostridium and Bacteroides bacteriophages from the order Caudovirales correlates with the higher abundance of these bacteria genera as noted from 16S amplicon analysis. The correlation analysis revealed the negative correlation of Collinsella and Fusarium. This observation correlates with the previous studies, which have shown that species of Collinsella reduces the major mycotoxin Deoxynivalenol (DON) produced by Fusarium and thus reduces the pathogenic potential of Fusarium species (Wachowska et al., 2017). Species of Fusobacterium, Bacteroides, and Clostridium are not inhibited by mycotoxins produced by Fusarium (Roig et al., 2014). Previous reports have shown that the species of bacterial genera Fusobacterium, Bacteroides, and Clostridium and fungal genera Candida, Aspergillus, Fusarium, Cladosporium, and Trichosporon coinhabit and constitute the enterotypes of the human gut microbiome (Hugon et al., 2017). Studies on oral microbiome have also found significant correlations between Cladosporium and Fusobacterium (Sharma et al., 2019), and these two genera were found to be highly abundant in our study.

To our knowledge, this is the first study that reveals the fungal diversity in the Panthera species gut. Felids show a higher diversity and richness of fungal species in the gut in comparison to canids. In this study, we found a relatively higher diversity of Panthera in comparison to cats in terms of the number of OTUs (Handl et al., 2011). The fungal diversity showed considerable variation among the individuals. Phylogenetic assessment of ITS1 OTUs revealed the predominance of Ascomycota and Basidiomycota in the gut. The higher abundance of Basidiomycota in the mammalian gut is commonly observed; however, it was previously thought to be absent in felids and thus appears to be a novel finding of this study (Handl et al., 2011; Yang et al., 2018). Saccharomyces previously found abundant in felids were detected in small proportions in this study (Honneffer et al., 2014). The differences observed in the abundance of bacterial and fungal species indicate that the gut microbiota of these Panthera shows substantially different composition from other felids.

One of the most significant outcomes of the study was the construction of gene catalog of the gut microbiome of Panthera species. The catalog comprised of a total of 1,507,035 (∼1.5 million) genes of which 64% could be annotated using the KEGG database. The number of genes in the gene catalog is substantially lower compared to the human gut gene catalog, which consisted of 9.9 million genes (Li et al., 2014), pig gut microbiome (∼7.7 million genes) (Xiao et al., 2016), and mouse gut bacterial catalog (∼2.6 million) (Xiao et al., 2015). However, the size of the gene catalog is comparable to the size of Macaca fascicularis gene catalog (∼1.9 million) (Li et al., 2018). The lower number of genes in the constructed gene catalog of the Panthera gut microbiome can be attributed to the poor availability of data from different regions used to build the gene catalog. Future studies with a larger dataset may help in capturing the complete microbial gene sets in the Panthera gut.

The functional assessment of the gut bacteria identified a large number of metabolic genes and enzymes present in the gut of Panthera species gut. An important observation was enrichment in the purine metabolic pathways essential for uric acid degradation in the intestine. Its higher abundance corroborates with previous reports on the association of the pathway with purine-rich diet in these hypercarnivores (Zhu et al., 2018). The carbohydrate-active enzymes identified in this study play critical roles in the utilization of dietary starch and proteins in mammals (Pusztai et al., 1995). Studies have shown that Bacteroides species encode large numbers of animal-CAZys, which corroborates with the identification of relatively enriched 16S sequences assigned to the genus Bacteroides. The higher abundance of collagenases and other peptidases identified in the gut microbiome correlates with the animal-based protein-rich diet of these carnivores. The presence of hemolysins and cholesterol-binding cytolysins further suggests their adaptations to hypercarnivorous diet.

Among the carbohydrate-active enzymes were β-glucosidase and β-xylosidase in the gut metagenome of the Panthera species. The identified celluloses are required for the degradation of cellulose, which is an integral part of plant biomass and is absent in animals. A study on Iberian lynx has also reported the higher abundance of these enzymes in the gut microbiota (Alcaide et al., 2012). Although the diet of these Panthera species mostly comprises of higher vertebrates, a few studies have reported the presence of plant biomass in the scats of leopards, lions, and tigers (Hoppe-Dominik, 1988; Cashman et al., 1992; Mukherjee and Sen Sarkar, 2013; Stein and Hayssen, 2013). Thus, these findings suggest that the gut microbiome of wild felids not only harbors gene sets for the uptake of sugars from primary animal tissues but also from the plant biomass. The plant materials are most likely derived from their prey, and the enzymes to digest these plant tissues indicate the wide metabolic capabilities of the gut microbiome. Future studies including other carnivore species may shed more light on these observations to understand the role of these genes in carnivorous gut.

This study acts as a controlled study wherein the three Panthera species were on a similar diet and belonged to the same geographical location. Thus, it provides an opportunity to identify the species-specific differences in the gut microbiome composition among lion, leopard, and tiger. At the functional level, the study identified significant differences in the abundance of “Naphthalene degradation,” “ABC transporters,” “Limonene and pinene degradation,” “Xylene degradation,” “Chloroalkane and chloroalkene degradation,” and “Glycerolipid metabolism” between leopard and tiger. The PCA of several Carnivora species including the leopards from two different geographical locations suggested the crucial role of diet and geography in shaping the gut microbiome composition and the influence of host genetic factors on the gut microbiome could not be observed in the Panthera species. This indicates that the host phylogeny influences the gut microbiome when seen at a broader level such as the order Carnivora (Ley et al., 2008a; Muegge et al., 2011); however, at the species level, these differences are not significant and the microbial community is mostly governed by diet or other factors. The crucial role of diet in modulating the animal gut microbiome is well documented. The 21 Panthera individuals included in this study were captive individuals and were provided a controlled diet, which is different from the diet of other individuals and could be a major factor in determining the gut microbiome composition of these individuals. Thus, their composition significantly varied from other felid species.



CONCLUSION

To summarize, this is the first study that reveals the bacterial, fungal, and viral diversity of Panthera gut from healthy individuals of lion, leopard, and tiger. This will enable future studies on the nutrition and dietary intake of these large terrestrial animals and may be used to compare with the gut metagenomic diversity of diseased individuals. One of the significant outcomes of this study is the establishment of a comprehensive Panthera gut microbiome gene catalog, which will be used as a reference resource in metagenomic studies. The identification of enzymes for the metabolism of carbohydrates and proteins in the gut microbiome not only indicates the adaptations of the host to the animal-based diet of the host but also to digest the plant-based components often identified in their scats. A comparison of the metagenomic diversity and functional potential of Panthera species of Indian origin with other species revealed that diet and geography play a crucial role in shaping the gut microbiome of Panthera species and surpass the species-species differences among the Panthera species.
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The comparison of metagenomes is crucial for studying the relationship between microbial communities and environmental factors. One recently published alignment-free whole metagenome comparison method based on k-mer frequencies, Libra, showed higher resolutions than the present fastest method, Mash, on whole metagenomic sequencing reads, but it did not perform as well on the assembled contigs. Here, we developed a new alignment-free tool, KmerFreqCalc, for the comparison of the whole metagenomic data, which first calculated the frequencies of both forward and reverse complementary sequences of k-mers like Mash and then computed the cosine distance between the samples based on k-mer frequency vectors like Libra. We applied KmerFreqCalc on the assembled contigs of the gut microbiomes of wild giant pandas and compared the results to Libra and Mash. The results indicated that KmerFreqCalc was able to detect the subtle difference between giant panda samples caused by seasonal diet change, showing better clustering than Libra and Mash. Therefore, KmerFreqCalc has high resolution and accuracy for assembled contigs, being very suitable for comparison of samples with low dissimilarity.

Keywords: whole metagenome comparison, k-mer frequencies, reverse complementary sequence, cosine distance, wild giant pandas, gut microbiomes


INTRODUCTION

The comparison of metagenomes is crucial for studying the relationship between microbial communities and environmental factors. Traditionally, the dissimilarity between gut microbiomes is assessed based on the microbial diversity or the abundance of genes under special functional categories. The former relies on the 16S rRNA gene or the whole metagenomic data, classifying the bacterial groups and the archaeal ones at the genus level to the species level or the subspecies level, for example, the work on mammals (Ley et al., 2008), vertebrates (Youngblut et al., 2019), and the giant pandas (Zhu et al., 2011; Xue et al., 2015; Wu et al., 2017). The latter uses the whole metagenomic data, first mapping the short reads to the known genes or the pathways in the existing databases, such as NR, KEGG, or IMG, and then comparing their abundances between the samples based on the mapped functional categories, for example, the works on mammals (Muegge et al., 2011), whales (Sanders et al., 2015), and giant pandas (Guo et al., 2018; Zhu et al., 2018). Both methods are based on the alignment of sequences to the reference databases, thus using only a fraction of the whole metagenomes due to the limitation of the availability and the completeness of the existing databases.

In order to fully use the genomic information, we can alternatively take a class of alignment-free approaches based on the frequency of k-mers (or k-tuples, k-grams) which are thought to represent the sequence signature of the genomes. Over the past decade, such methods have proved to be valid for comparing genomic sequences of the individual organisms (Qi et al., 2004) and microbiomes (Jiang et al., 2012). Now, several algorithms have been developed for the comparison of the whole metagenomes based on k-mer frequencies, such as COMMET (Maillet et al., 2014), Simka (Benoit et al., 2016), Mash (Ondov et al., 2016), and Libra (Choi et al., 2019). But due to the different distance calculation strategies, each of them has its own advantages and disadvantages. For example, Mash, the fastest method considered, reduces large sequences and sequence sets to small, representative sketches, from which global mutation distances can be rapidly estimated using Jaccard similarity. But the subset of unique k-mers might lead to an unrepresentative k-mer profile of the samples, so Mash showed lower resolution on the whole metagenome shotgun sequencing (WMGS) reads than another algorithm, Libra, which calculates cosine similarity by default based on k-mer frequencies, using both sequence composition and abundance of sequencing reads (Choi et al., 2019). But when analyzing the assembled contigs, Libra showed a lower resolution than Mash (Choi et al., 2019). For such a result, Choi et al. (2019) have addressed that libra required reads rather than contigs to perform accurately. But after carefully comparing the analysis process of these two methods, we found that considering the reverse complementary sequences of k-mers might be the key factor for the higher resolution of Mash on the assembled contigs.

Here, by absorbing the advantage of Mash and Libra, we developed a new alignment-free algorithm, KmerFreqCalc, for the comparison of the whole metagenomes. This algorithm calculates the frequencies of all possible k-mers at the specific length and their reverse complementary sequences like Mash, based on which the cosine distance between the paired samples is computed like Libra. Hence this new method is expected to have a better performance than Mash and Libra on the assembled contigs. To prove it, we applied KmerFreqCalc on two recently published datasets of gut microbiomes from wild giant pandas (Ailuropoda melanoleuca; Wu et al., 2017; Zhu et al., 2018), and compared the results to Mash and Libra. We chose the two datasets as the testing data for two reasons. One was that both datasets have performed WMGS, but neither did the whole metagenome comparison. The other one is that they sampled from different habitats, Qinling (Wu et al., 2017) and Xiangxiangling (Zhu et al., 2018) mountains, but until now no comparing analysis has been performed between the gut microbiomes of giant pandas living in the two isolated habitats. Therefore, the application of the alignment-free tools on these two datasets not only can test the improvement of KmerFreqCalc, but also will provide a new perspective of the gut microbiomes of wild giant pandas.



MATERIALS AND METHODS


KmerFreqCalc Detailed Description

We developed KmerFreqCalc1, an implementation of the algorithm that calculates k-mer frequencies of the metagenomic assembled contigs, from which the cosine distance between the paired samples is estimated (Figure 1A). In detail, given a specific k-mer length (also called k-mer size, abbreviated as “k” hereafter), the frequencies of forward and reverse complementary sequences of all possible k-mers are used to maximumly characterize the assembled contigs, and then the cosine distance between the samples were calculated based on the actual k-mer frequency vectors as previously described (Qi et al., 2004; Choi et al., 2019).
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FIGURE 1. KmerFreqCalc workflow and the data description. (A) The overview of the KmerFreqCalc workflow: (1) calculating the k-mer frequencies of each samples, (2) computing the distance between paired samples. (B) Two published metagenomic datasets including samples from wild giant pandas. The figure about partition of three stages and four food categories during 1 year in Qinling Mountains was adapted from “Seasonal variation in nutrient utilization shapes gut microbiome structure and function in wild giant pandas” (Wu et al., 2017) with permission. Above the time line is the four food categories. Below the time line is the three stages, in which the leaf, shoot, and transition stages are shown in green, orange, and gray, respectively.




Data Description

Two recently published datasets have been analyzed in this study (Figure 1B and Supplementary Table S1).


Qinling Dataset (QIN Dataset)

The WMGS reads of the giant pandas living in the Qinling Mountains were downloaded from the GSA database2 under bioproject accession no. PRJCA000366, including 27 samples from 6 individuals (Wu et al., 2017). The fecal samples were collected by tracking the GPS-collared giant pandas in 2012 and 2013. Based on feeding behavior and diet, three forage stages were identified: the leaf stage (11 samples), shoot stage (10 samples), and the transition stage (6 samples). From January to May, giant pandas feed on Bashania fargesii (abbreviated as Bfa hereafter) leaves at low elevations. From May to July, they switch to Bfa shoots. In the middle of July, when Bfa shoots grow too crude, giant pandas feed on Fargesia qinlingensis (abbreviated as Fqi hereafter) shoots at higher elevations. For a short period in August, they eat Fqi leaves, then descend to feed on Bfa leaves again until December.

Illumina Genome Analyzer was used for metagenomic shotgun sequencing (Wu et al., 2017). The WMGS reads were quality filtered with Trimmomatic (Bolger et al., 2014) with parameters ILLUMINACLIP: TruSeq2-PE.fa:2:30:12:1:true LEADING:3 TRAILING:3 MAXINFO:40:0.996 MINLEN:36, and then filtered with host genome data to facilitate the removal of the host sequence. The generated clean reads were assembled to generate long contig sequences with MegaHIT (Li D. et al., 2015).



Xiaoxiangling Dataset (XXL Dataset)

The WMGS assembled contigs of bamboo-eating pandas in Xiaoxiangling Mountains were downloaded from figshare at https://doi.org/10.6084/m9.figshare.6303713, including 22 samples (Zhu et al., 2018). Sixteen fresh fecal samples from giant pandas and 6 from red pandas (Ailurus fulgens) were collected from 2012 to 2016. The dominant compositions of the fresh feces (leaves, stems, or shoots from Bashania spanostachya and Yushania lineolata) were recorded. Nine out of the 16 giant panda samples were from 4 GPS-collared individuals translocated to this mountain [Luxin (LX), Zhangxiang (ZX), Taotao (TT), and Huajiao (HJ)].

Illumina HiSeq 2500 platform was used for metagenomic shotgun sequencing (Zhu et al., 2018). The WMGS reads were quality filtered using custom Perl scripts and Trimmomatic (Bolger et al., 2014). Then raw short reads were compared against the host genome to facilitate the removal of host genomic sequences. The resultant clean, high-quality reads were assembled to generate contigs using the SOAPdenovo assembler (Li et al., 2010).



Alignment-Free Whole Metagenome Comparisons

The KmerFreqCalc was compared with Mash and Libra in the whole metagenome comparisons of the two datasets including samples from wild giant pandas. As we know, the k-mer length was an important factor for the accuracy of alignment-free comparisons, in other words, larger values of k result in fewer matches due to sequencing errors and fragmentary metagenomic data, while smaller ones give less information about the sequence similarities (Choi et al., 2019). Hence k was a configurable parameter in all three algorithms. We performed our analyses with k equal to 15, 17, 19, and 21. Among the values, 21, the default parameter of Mash and Libra, had been reported to be at the inflection point where the k-mer matches move from random to a representative of the read content and is generally resilient to sequencing error and variation (Kurtz et al., 2008; Hurwitz et al., 2014). The other three values were selected as alternatives for optimization. Given a k value, Mash and Libra were run with default parameters. Once the calculated distance data were available, neighbour joining (NJ) phylogenetic tree and principal coordinates analysis (PCoA) were used to illustrate the results. Based on cosine distance data with negative normality test results, rank-sum tests were used to determine whether the differences between groups were significant.



RESULTS


Whole Metagenome Comparisons of all Samples in the QIN Dataset

For the QIN dataset, all three alignment-free algorithms showed ability to cluster most samples by seasonal, as such, samples from the leaf and shoot stages clustered into two groups despite some sporadic data points, while samples from the transition stage occurred in two clusters (Supplementary Figures S1–S3). However, KmerFreqCalc showed a higher resolution than Mash and Libra. Mash performed its best resolution, with k equal to 15, but clustered 2 shoot stage samples in the leaf stage clade and 1 leaf in the shoot one (Figure 2A). Libra showed its best resolution with k equal to 21, with 1 shoot stage sample in the leaf stage clade and 3 leaf in shoot stage one (Figure 2B). The best resolution of KmerFreqCalc was obtained when k was equal to 21, with only 2 leaf stage samples in the shoot stage clade (Figure 2C). Therefore, further PCoA analysis and rank-sum tests were based on the distance calculated by KmerFreqCalc, with k equal to 21. Better than the previous analysis based on the 16S rRNA gene (Wu et al., 2017), in PCoA analysis, samples in shoot stage formed two distinct clusters, Bfa shoot and Fqi shoot (Figure 2D). The rank-sum tests indicated that the variations between different stages were significant (p < 0.001) (Figure 2E).
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FIGURE 2. Whole metagenome comparisons of samples in QIN dataset using Mash, Libra and KmerFreqCalc. In NJ tree, two clades of the shoot stage and leaf stage are highlighted with lightorange and lightgreen, respectively. The diet stages are indicated by green circles (Bfa leaf), orange regular triangles (Bfa shoot), orange inverted triangles (Fqi shoot) and gray squares (Transition). (A) NJ tree based on the distance calculated by Mash (k = 15). (B) NJ tree based on the distance calculated by Libra (k = 21). (C) NJ tree based on the distance calculated by KmerFreqCalc (k = 21). (D) PCoA analysis using the cosine distance calculated by KmerFreqCalc (k = 21). (E) Variations in different stages (Bfa leaf, Bfa shoot, Fqi shoot and transition) were determined by cosine distance calculated by KmerFreqCalc (k = 21). Mean values ± standard errors of the means are shown. ***p < 0.001 (Rank-sum test).




Whole Metagenome Comparisons Between all Samples in the XXL Dataset

For the XXL dataset, all analyses using three alignment-free algorithms clustered samples from giant pandas and red pandas together (Figures 3A,B and Supplementary Figures S4–S6A). The gut microbiomes of giant pandas and red pandas showed no significant difference (p > 0.05). The samples with shoots, stems, or leaves of bamboos in feces also showed no significant difference (p > 0.05), intermingling together in NJ-tree.
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FIGURE 3. Whole metagenome comparisons of samples in XXL dataset and all samples from giant pandas in two datasets using KmerFreqCalc (k = 21). (A) NJ tree of samples in XXL dataset. (B) PCoA analysis using the cosine distance calculated by KmerFreqCalc (k = 21). (C) NJ tree of all samples from giant pandas in two datasets, clearly indicating two groups of QIN dataset and XXL dataset highlighted with lightorange and lightgreen, respectively.




Combined Comparisons of the Whole Gut Metagenomes From Giant Pandas in Qinling and Xiaoxiangling Mountains

In order to identify the variation of gut microbiomes from the wild giant pandas living in different habitats, all samples of the giant pandas from two datasets were compared together using three alignment-free algorithms (Supplementary Figures S7–S9). The results showed that the samples in QIN and XXL dataset clearly clustered into two groups in various k values, despite some sporatic samples (Figure 3C).



DISCUSSION

K-mer frequencies have been extensively used in alignment-free methods for comparing genomes or metagenomes. Due to the different strategies of distance calculation, each existing method has its own merits. By absorbing the advantages of two good algorithms, Mash and Libra, we developed a new method, KmerFreqCalc. Its characters are: (1) considering the frequencies of both forward and reverse complementary sequence of k-mers like Mash, which can give a representative profile of the metagenome assembled contigs and (2) calculating the cosine distance between paired samples based on the k-mer frequency vectors like Libra, which takes in account all the sequence signatures contrasting to the subset of unique k-mers used by Mash. Based on this, when using the assembled contigs, KmerFreqCalc can obtain higher resolution clustering of samples than Mash and Libra. The application of these three algorithms on the gut microbiomes of the wild giant pandas has confirmed this improvement. Meanwhile, our whole metagenome comparisons brought some new sight of the panda gut microbiomes. The following is the detailed explanation.

Giant pandas are bamboo specialists that evolve from carnivores, possessing a gastrointestinal tract typical of carnivores (Wei F. et al., 2015). Their gut microbiomes closely resemble that of other carnivores (Ley et al., 2008), possessing few special gut bacteria because of their exclusively bamboo diet (Zhu et al., 2011). Today, wild giant pandas live in six relatively isolated habitats in western China mountain area (Qinling, Minshan, Qionglai, Liangshan, Daxiangling, and Xiaoxiangling) (Zhao et al., 2013), where they forage on different bamboo species and different parts of the bamboo plant in different seasons (Wei W. et al., 2015). Wu et al. (2017) have indicated that the gut microbiomes of wild giant pandas living in Qinling Mountains seasonally changed along with the diet change. Zhu et al. (2018) investigated the potential mechanism of detoxification of cyanide compounds by gut microbiomes of bamboo-eating pandas living in Xiangxiangling mountains. The WMGS data from the last two studies mentioned above (Wu et al., 2017; Zhu et al., 2018) was chosen to be testing dataset of our study. The results were very inspiring.

Firstly, because the samples from the Qin dataset have been clustered into distinct groups by seasonal diet based on the 16S rRNA gene data, this dataset is well suited for comparing KmerFreqCalc with Mash and Libra. The results showed that KmerFreqCalc had higher resolutions of the samples in different diet stages than Libra and Mash, clustering the samples from shoot stage and leaf one into two distinction groups. This indicated that reverse complementary sequence of k-mer was important for the comparison of metagenomes on the assembled contigs. In addition, better than previous study on 16S rRNA gene data, the variations between two similar stages, Bfa shoot and Fqi shoot, were revealed by KmerFreqCalc. This suggested that KmerFreqCalc has high resolution and sensitivity, so it can be a good choice for estimating the genetic distance of metagenomes, especially the samples with low dissimilarity in time series.

Second, as we know, diet drives convergence in gut microbiome across mammalian phylogeny (Muegge et al., 2011; Youngblut et al., 2019). Adapting to a specialized bamboo diet not only promotes the genetic convergence between giant panda and red pandas (Hu et al., 2017), but also the gut metagenomic convergence (Li Y. et al., 2015; Zhu et al., 2018). Our analyses on the XXL dataset confirmed the high similarity of the gut microbiomes of bamboo-eating pandas in Xiaoxiangling Mountains, which indicated that besides the high resolution and the sensitivity, KmerFreqCalc had low false positive. Panda samples from the Xiaoxiangling Mountains with different components, including stems, leaves, shoots in feces were not further divided into independent clades. This might be due to the asymmetrical sample size (leaf: 12 samples; stem: 8 samples; and shoot: 2 samples), the weak variation of the diet or the different genetic background of the native pandas and the translocated pandas.

Finally, the combined comparison of the metagenomic data from the giant pandas living in different habitats (Qinling and the Xiaoxiangling Mountains) presented two distinct clusters of the samples from XXL and QIN, except some sporatic data. It is highly likely due to the significant difference between the gut microbiomes of the wild giant pandas living in Qinling and the Xiaoxiangling mountains, considering of the following three reasons. The first one is the population differentiation due to the genetic adaptation to their environments (Zhao et al., 2013). The second one is the different bamboo species the pandas have in two habitats (Figure 1B). And the last one is the different environmental microbiomes in the two habitats. However, it has to be mentioned that the sequencing coverage and the quality of assembled contigs probably have affected the analysis results, so the discrepancy between gut microbiomes of the wild giant pandas living in different habitats should be kept as an open question till more data, especially the raw data with comparable coverage, was available.



CONCLUSION

The work has developed a new alignment-free method for comparing the whole metagenomes with high resolution and accuracy and applied this method on the gut microbiome comparison of the wild giant pandas. The results have confirmed the influence of diet and habitat on gut metagenomes of wild giant pandas. However, the new method for comparing the function of metagenomes through the association between k-mers and genes remains to be developed, which we believe will bring some new perspectives to this topic.
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Seasonal Variation and Sexual Dimorphism of the Microbiota in Wild Blue Sheep (Pseudois nayaur)
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Microbiota of the wild blue sheep (Pseudois nayaur) presents a seasonal variation due to different dietary selection and feeding strategies from different ecological niches chosen by different sex in summer. To address those issues, we analyzed the variation of gut microbiota based on the material from the feces, with 16S rRNA and meta-genome aimed to explore seasonal and gender differences. The results indicate that seasonal dietary changes and gender differentiation, as expected, cause the variation in sheep’s gut microbiota structure. The variation of the former is more significant than the latter. Dominant Firmicutes exists a significantly higher abundance in summer than that in winter. Subordinate Bacteroides expresses no seasonal difference between the two seasons. Compared with the winter group, the summer group is featured by abundant enzymes digesting cellulose and generating short-chain fatty acids (SCFAs), such as beta-glucosidase (EC: 3.2.1.21) for cellulose digestion, and butyrate kinase (EC:2.7.2.7) in butyrate metabolism, implying that the changes of the composition in intestinal flora allow the sheep to adapt to the seasonalized dietary selection through alternated microbial functions to reach the goal of facilitating the efficiency of energy harvesting. The results also show that the blue sheep expresses a prominent sexual dimorphism in the components of gut microbiota, indicating that the two sexes have different adaptations to the dietary selection, and demands for physical and psychological purposes. Thus, this study provides an example of demonstrating the principles and regulations of natural selection and environmental adaptation.

Keywords: wild blue sheep, gut microbiota, seasonal and sexual variations, short-chain fatty acids, aggregation


INTRODUCTION

The community of the gut microbiota is very important to maintain animals’ dynamic stability of the gastrointestinal tract and help the hosts adapt to alternative dietary choices (Amato et al., 2015). The gut microbiota, however, always changes in responding to the alterations of food resources and seasonal variation (Hooper et al., 2012; Morgan et al., 2012; Markle et al., 2013). Thus, understanding such association, particularly the mechanism of how specific gut microbes respond to dietary selection, allows us to amend the formed conservation strategies and tactics more scientifically for the animals studied (Bergmann et al., 2015; Kartzinel et al., 2019). Some recent studies indicate that seasonal reconfiguration of the microbiota in response to the dietary fluctuation exists in the Hadza hunter-gatherers in Tanzania (Smits et al., 2017), the western lowland gorillas and chimpanzees (Hicks et al., 2018), and red squirrels (Ren et al., 2017). This implies that seasonal dietary change leads to the reconfiguration of hosts’ gut microbes. It is reported that there also exist individual differences in gut microbiota, particularly gender differences that may be prominent by the dietary selection, caused by alternative demands of different sexes during a non-breeding period (Bowyer, 2004; Ruckstuhl, 2007). Sexual dimorphism may also be related to the seasonal dietary variation that needs to be attested.

Most ruminants highly rely on microbial communities in the gut to digest food components, which also make animals adjust dietary choices according to phenological periods of plants, and physical and psychological demands (Espunyes et al., 2019; Takada and Minami, 2019). It is reported that seasonal variation in food resources can cause the alteration of gut microbial communities (Faith et al., 2013; Ley et al., 2013; Bergmann et al., 2015; Hu et al., 2018), which then affect energy production and social behavior among individuals, particularly between the sexes.

Gregarious animals synchronize their foraging activities and resources; hence, there is less dietary variation among the individuals (Galef and Giraldeau, 2001). Some species whose populations or groups segregate and/or aggregate show great differences in regional and seasonal dietary selection and adaptation, which cause remarkable variation in microbial communities (Ruckstuhl and Neuhaus, 2002; Han et al., 2019; Stone et al., 2019). On the other hand, sexual dimorphism exists in diet and microbial communities (Bowyer, 2004; Ruckstuhl, 2007). This especially applies to the species with a great variety of forage areas and food choices, among them including the blue sheep, Pseudois nayaur (Mooring et al., 2003; Bonenfant et al., 2004). This species has a social behavior in which males separate from females in summer and autumn, but congregate with the females in winter (Li, 2006). Some researchers indicated that male ungulates increase fat accumulation by extending feeding time before the aggregation (Festa-Bianchet et al., 1990; Jönsson, 1997; Yoccoz et al., 2002; Mysterud et al., 2005). They also consume a large amount of energy, resulting in further declining body weight due to frequent copulation during rutting periods in winter (Clutton-Brock et al., 1982; Pérez-Barberia et al., 1998; Pelletier, 2005). However, it is hard to work out how a male’s body weight is reduced, which could be due to the changes of foraging time and periodical resource variation (Ferrari et al., 1998; Mysterud et al., 2005). On the one hand, the dietary alteration can influence gut microbiota and modify microbial function, which probably aggravates the reduction of weight (Muegge et al., 2011; Ley et al., 2013). On the other hand, we do not know whether some social behaviors could influence the variation of gut microbiota. Thus, the studies on the variations of microbial composition and its function can allow us to understand how dietary components are digested and broken down, and explore the clues comprehending animals’ physiological and behaviors profiles, possible energy acquisition, the choice of reproductive sites, and different foraging strategies between non-breeding and breeding periods (Shabat et al., 2016).

The blue sheep is a model for such an endeavor. This species is distributed in central Asia, including western mountains in China. Its populations are found in an altitudinal range between 2000 and 6000 m, with the habitats of alpine floral structure in the northern temperate zone showing distinct seasonal vegetation variation (Di, 1987). The species consumes diverse vegetables, including herbs, forbs, shrubs, and trees, and takes alternative plant parts, such as stems, leaves, flowers, fruits, and barks (Liu et al., 2007). Moreover, our previous findings suggest that this species exhibits remarkable seasonal dietary variation (Liu et al., 2007; Chang, 2010). Socially, they form groups in moving, including gender-oriented or mixed ones in different seasons (Cao et al., 2005; Zhang et al., 2006).

This study, aimed at analyzing the relationship between seasonal social behavior and gut microbiota, needs to address some biological issues: (1) whether there is a significant sexual dimorphism in gut microbiota; (2) whether a seasonal dietary change can cause a significant difference in gut microbiota; (3) whether seasonal variation of the diets results in significant differences in the microbial function in the gut, which may have caused prominent influence on digestion and energy absorption, particularly the males.



EXPERIMENTAL PROCEDURES


Fecal Sample Collection

We collected fecal samples with the line transect method in the Helan Mountain (N 38° 44’, E 106° 01’) during July–August and November–December 2017 (Figure 1A). We surveyed seven geomorphological transects covering all vegetation types in which blue sheep inhabit. The length of the transects was from 2 to 6 km (Liu et al., 2009). All the samples were collected with sterilized tweezers by the researchers who wore a mask and disposable PE gloves. Tweezers and gloves were individually used for each of the samples that were maintained in the ice box and then kept in the refrigerator at −80°C for 2 h. We collected a total of 369 fecal samples from which we randomly selected 81 for 16s rRNA analysis. Then, all the samples were sequenced by metagenomics (A1, A2, A7, E3, and E5 in winter, and B1, B2, B7, C18, and C19 in summer) (Supplementary Table 1). All samples were divided into four groups: females in winter (WF, n = 22, E1–E22), males in winter (WM, n = 19, F1–F19), females in summer (SF, n = 19, C1–C19), and males in summer (SM, n = 21, D1–D21).
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FIGURE 1. The geographic location, and gut microbiome composition among groups. (A) The geographic location of the sample collection site. All the samples were collected in the Helan Montoin, Yinchuan (N 38° 44’, E106°01’) during July-August and November-December 2017. (B) Relative abundence difference among different groups in Phylum level(SF = summer female, SM = summer male, WF = winter female and WM = winter male). (C) The Shannon index of the four groups. (D) The Non-Metric Multi-Dimensional Scaling (NMDS) based on OTUs of the four groups. Each point in the figure represents a sample, and the distance between the points indicates the degree of difference. The Stress is less than 0.2, which indicates that NMDS can accurately reflect the differences between the samples.




Individual and Gender Identification

Fecal DNA was extracted using the kits of QIAamp Fast DNA Stool Mini (Qiagen, Handelsregister: Amtsgericht Düsseldorf HRB 45822 USt-IdNr.: DE 121386819) and was detected by 1.0% of agarose gel electrophoresis (AGE). We used 10 pairs of microsatellite primers (FCB48, ILSTS011, BM1329, INRABERN172, SRCRSP3, JMP58, PND01, PND04, PND05, and PND06) (Yang et al., 2015) to carry out individual identification. Gender identification was performed with the enamel gene PCR method (Ennis and Gallagher, 1994; Huber et al., 2002).



16S rRNA Amplification

Based on individual and gender identification, fecal samples were grouped by season and gender, separately, for sequencing. CTAB method was used to extract DNA samples, and 1% AGE was used to detect the purity and concentration of the DNA (Jami and Mizrahi, 2012). DNA samples were then diluted to 1 ng/μl with sterile water. Bacterial universal primers 515F (5′-GTGCCAGCMGCCGCGGTAA-3′) and 806R (5′-GGACTACHVGGGTWTCTAAT-3′) were used for the amplification of 16S rRNA V4 region (Caporaso et al., 2011), and all PCR amplifications were performed using New England Biolabs’ Phusion® High-Fidelity PCR Master Mix with GC Buffer and high-fidelity enzyme. PCR reaction system includes 50.0 μl of the total volume, 5 × Phusion HF buffer 10 μl, 10 mM dNTPs 1 μl, template DNA 1.5 μl (150 ng), Phusion DNA Polymerase 0.5 μl, primer 515F 0.5 μM, primer 806R 0.5 μM, and dd H2O add to 50 μl. PCR reaction procedure included pre-denaturation at 98°C for 30 s, denaturation at 98°C for 10 s, annealing at 55°C for 30 s, extending at 72°C for 2 min, reacting for 35 cycles, and finally extending at 72°C for 20 min. The PCR products were purified by GeneJETTM Gel Recovery Kit (Thermo Scientific, Waltham, MA, United States).



16S rRNA Library Construction and Sequencing

The library was constructed by Ion Plus Fragment Library Kit 48 rxns (Thermo Scientific, Waltham, MA, United States) following the manufacturer’s instructions, and index codes were added. The library quality was assessed using a Qubit@ 2.0 Fluorometer (Thermo Scientific, Waltham, MA, United States). Finally, the library was sequenced on an Ion S5TM XL platform and 400-bp single-end reads were generated.



Metagenome Library Construction and Sequencing

A total of 1 μg of DNA per sample was used as input material for the DNA sample preparations. Sequencing libraries were generated using the NEBNext® UltraTM DNA Library Prep Kit for Illumina (NEB, United States) following the manufacturer’s recommendations. Briefly, the DNA sample was fragmented by sonication to a size of 350 bp, and then its fragments were end-polished, A-tailed, and ligated with the full-length adaptor for Illumina sequencing with further PCR amplification. At last, PCR products were purified (AMPure XP system) and libraries were analyzed for size distribution by Agilent2100 Bioanalyzer (Agilent Technologies, United States), and quantified using real-time PCR. After cluster generation, the library preparations were sequenced on an Illumina HiSeq 2500 platform, and paired-end reads were generated.



Bioinformatic Analysis of 16S rRNA Gene and Metagenome Sequences

Single-end reads from 16S rRNA sequencing were assigned to the samples based on their unique barcode and truncated by cutting off the barcode and primer sequence. Quality filtering on the raw reads was performed under specific filtering conditions to obtain the high-quality clean reads according to the Cutadapt (V1.9.1,1) quality-controlled process (Martin, 2011). The reads were compared with the reference database (Silva database,2) (Quast et al., 2013) using UCHIME algorithm (UCHIME Algorithm,3) (Edgar et al., 2011) to detect and remove the chimera sequences (Haas et al., 2011). Then, the Clean Reads were finally obtained.

Sequence analysis was performed by Uparse software (Uparse v7.0.1001,4) (Edgar, 2013). Sequences with ≥97% similarity were assigned to the same OTUs. Representative sequence for each OTU was screened for further annotation. For each representative sequence, the Silva Database2 (Quast et al., 2013) was used based on Mothur algorithm to annotate taxonomic information. In order to study the phylogenetic relationship of different OTUs, and the difference of the dominant species in different groups, multiple sequence alignment was conducted using the MUSCLE software (Version 3.8.31,5) (Edgar, 2004). OTUs’ abundance information was normalized using a standard of sequence number corresponding to the sample with the least sequences. Subsequent analysis of alpha diversity and beta diversity was performed based on this normalized output data.

Pre-processing the Raw Data obtained from the Illumina HiSeq sequencing platform using Readfq (V8,6) was conducted to acquire the Clean Data for subsequent analysis. The specific processing steps are as follows: (a) remove the reads that contain low-quality bases (quality threshold value ≤ 38) above a certain portion (length of 40 bp); (b) remove the reads in which the N base has reached a certain percentage (length of 10 bp); (c) remove the reads sharing the overlap above a certain portion with Adapter (length of 15 bp). Considering the possibility that host pollution may exist in samples, Bowtie2.2.4 software (Bowtie2.2.4,7) was used to filter the reads that are of host origin (Karlsson et al., 2012, 2013). The Clean Data was assembled and analyzed (Luo et al., 2012) by SOAPdenovo software (V2.04,8) and then interrupted the assembled Scaftigs from N connection and leave the Scaftigs without N (Mende et al., 2012; Nielsen et al., 2014; Qin et al., 2014). All samples’ Clean Data were compared to each Scaffolds respectively by Bowtie2.2.4 software to acquire the PE reads not used (Qin et al., 2014).

MetaGeneMark (V2.10) was used for ORF prediction (Ennis and Gallagher, 1994; Huber et al., 2002; Li et al., 2014; Yang et al., 2015). The redundant prediction result was removed by cd-hit (V4.5.8) (Li and Godzik, 2006). Bowtie2.2.4 (Caporaso et al., 2011) was used to obtain the gene catalog (Unigenes) for subsequent analysis (Huber et al., 2002). As for degree information, software DIAMOND (v0.9.9.110) (Mende et al., 2012) was used to compare the Unigenes with the bacterial, fungi, archaea, and virus sequences extracted from the NR database (Version 2018-01-02) in the NCBI, and to determine species annotation of the sequence. DIAMOND (v0.9.9.110) software was then used to compare Unigenes with KEGG, eggNOG, and CAZy function databases, and select Best Blast Hit results for subsequent analysis (Karlsson et al., 2013; Nielsen et al., 2014).



Statistical Analysis

Cervus 3.0 software was used for individual identification of the blue sheep (Brookfield, 1996). The diversity index of all the samples was calculated with QIIME software (Version 1.7). The dilution curve (Rarefaction Curve) and Rank abundance curve were drawn by R software (Version 2.15.3). The differences between the groups were analyzed by the non-parametric Wilcox test when the group number was two. Kruskal rank-sum test was used when that number was more than two. A statistically significant level was determined by p < 0.05. Anosim and MRPP (Multi Response Permutation Procedure) were utilized to analyze the significant differences of microbial community structure between the groups. LEfSe (LDA Effect Size) software was applied to identify species differences (Segata et al., 2011).



RESULTS


Individual and Gender Identification

A total of 282 blue sheep individuals were identified from 369 blue fecal samples, including 152 males and 130 females. In total, 101 alleles were detected in 10 microsatellite loci with an average number of 10.1. The observed mean and expected heterozygosity were 0.7737 and 0.6512, separately. Polymorphic information content (PIC) is 0.6128. Eight microsatellite loci are consistent with the Hardy-Weinberg equilibrium test.



Taxonomic Differences of the Blue Sheep

Shannon index of the four groups (SF, SM, WF, and WM) shows a significant difference among them (K–S test, chi-squared = 13.64, df = 3, p < 0.01) (Figure 1C, Supplementary Figure 1A). SM group has the lowest index (Supplementary Table 1).

Dominant phylum identified is Firmicutes (54.1% of the total), followed by Bacteroides (30.42%) (Supplementary Table 2). The four groups can, however, be clearly separated based on the structure of gut microbiota. There is no gender difference in Firmicutes, while there is a significant seasonal difference: the summer group expresses a significant higher abundance than the winter group (Wilcox test, n = 81, W = 1248, p < 0.01); a significant gender difference in Bacteroides was found in the summer group (Wilcox test, n = 39, W = 91, p < 0.01), and there is no significant seasonal difference between summer and winter groups (Wilcox test, n = 81, W = 713.5, p > 0.05).

In order to test whether there exist significant differences in intestinal microbial communities among the groups, we conducted Adonis analysis (Supplementary Table 3) and Non-Metric Multi-Dimensional Scaling (NMDS) analysis based on OTUs of the four subgroups (SF, SM, WF, and WM) (Figure 1D, Supplementary Figures 1B,C for PCA and PCoA). The results show that the variation due to seasonal difference is more significant than that due to the gender. It can be seen from the figure in which individuals in the same season are remarkably clustered together, and the individuals of different sexes in the same season group do not show a significant separation.

To identify differential flora abundance and the associated categories of the intestinal microbe communities, we used an LDA Effect Size (LEfSe) analysis (Score >4) to seek biomarkers showing significant differences between the groups (Figure 2). The results indicate that biomarkers in the summer group are Firmicutes, Rikenellaceae, Ruminococcaceae, Clostrida, and Clostridium, which belong to Firmicutes, except for Rikenellaceae belonging to the Bacteroidetes. The biomarkers in the winter group can be categorized into the Tenericutes, except for Lachnospiraceae.
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FIGURE 2. Distribution histogram of LDA and system evolutionary distribution based on biomarkers with statistically significant differences in abundance between the two groups.




Differences in Metabolic Pathways of Microbes Between Two Seasons

The results from NMDS analysis show that there is a significant different metabolic difference in pathways between the two seasons, and a significant difference in the Kegg function of intestinal flora between summer and winter was found (Figure 3A). The Anosim analysis was used to test the differences between the two groups (Supplementary Figure 2). We used LEfSe (LDA Effect Size) (Score >4) to seek a significant difference in metabolic pathways between summer and winter samples at Kegg level 1 (Figure 3C). Replication recombination and repair are more abundant in the winter group. The following items show significant abundance in summer than winter: carbohydrate transport and metabolism, chromatin structure and dynamics, energy production and conversion, translation ribosomal structure, and biogenesis. We used Metastat analysis to determine top pathways showing significant differences between summer and winter groups (Supplementary Figure 3) and built a clustering heat map based on the 35 functions with the highest abundance (Supplementary Figure 4). The reactions of intestinal flora from the summer group include K03088 (RNA polymerase sigma-70 factor, ECF subfamily), K06147 (ATP-binding cassette, subfamily B, bacterial), K05349 (beta-glucosidase [EC: 3.2.1.21]), K02355 (elongation factor G), K01190 (beta-galactosidase [EC: 3.2.1.23] galactosidase), K03046 (rpoC DNA-directed RNA polymerase subunit beta [EC: 2.7.7.6]), K03043 (rpoB; DNA-directed RNA polymerase subunit beta [EC: 2.7.7.6]), K01006 (ppdK; pyruvate, orthophosphate dikinase), K03737 (pyruvate-ferredoxin/flavodoxin oxidoreductase [EC: 1.2.7.1 1.2.7]), K03497 (ParB family transcriptional regulator, chromosome partitioning protein), and K02469 (DNA gyrase subunit A [EC: 5.6.2.2]). The reactions of intestinal flora from the winter group is K07133 (protein with unknown function) (Supplementary Figure 5).
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FIGURE 3. The KEGG pathways differences between summer and winter group. (A) The NMDS analysis of metabolic pathways between two seasons based on the KEGG database. (B) Heat map of the KEGG level 1 pathways, KEGG database, all the samples were clustered by Bray-Curtis distance. (C) Distribution histogram of LDA based on KEGG pathways with statistically significant differences between the summer and winter.


In addition, the significant enrichment in the SCFAs-yielding pathways was found in the summer group. In total, seven enzymes in the Butyrate metabolism pathways were identified both in the summer and winter groups. All mean that the relative abundance of the enzymes in summer is higher than that in winter. A significant difference among three enzymes (EC:1.8.1.4, EC:1.1.1.157, and EC:2.7.2.7) was found by Wilcox test. Eleven enzymes in the Propionate metabolism pathways were determined in both summer and winter groups. All relative abundance of the enzymes in summer is higher than that in winter, and a significant difference among five enzymes (EC:1.3.5.4, EC:2.8.3.1, EC:6.2.1.17, EC:6.2.1.1, and EC:2.7.2.1) was found by Wilcox test. EC:6.2.1.17 was only found in the summer group (Figure 5, Supplementary Figure 6).



DISCUSSION


Seasonal and Sexual Effects on Intestinal Microbial Structure

Male sheep separate from females in the summer, but they converge together in the winter for reproduction purpose, thus, intestinal microbes of the wild blue sheep are characterized by seasonal changes and sexual dimorphism in dietary selection (Figure 3). The variation due to seasonal changes is more prominent than that due to gender differentiation caused by physiology and feeding behaviors. Considering the results of NMDS (Figure 3), the two groups in summer and winter present a significant separation phenomenon, but not between the genders. This shows that sheep maintain very stable intestinal microbial composition in the same season. That is to say, seasonal dietary choices and other external environmental factors play an important role in driving the composition and structure of the intestinal flora.

It is interesting to note that, based on the results from the analysis of alpha diversity, summer males have significantly lower alpha diversity (Figure 1C, Supplementary Table 1). Because of its special relationships with reproduction, special function purposes, and stability, alpha diversity is widely regarded to be an indicator of assessing ecosystem status (Naeem et al., 1994; Kennedy et al., 2002; Isbell et al., 2015; Duffy et al., 2017). It is usually closely related to dietary differentiation. For example, herbivores generally have a higher level of diversity than other mammals (Reese and Dunn, 2018). On the other hand, humans with higher-fiber diets and longer transit time have been found to demonstrate higher-diversity gut microbiota than those living with Westernized lifestyles (Schnorr et al., 2014; Clemente et al., 2015). Furthermore, a diverse diet is expected to create a more metabolic niche for the microbiota, thereby increasing the diversity of the microbial community (Schluter and Foster, 2012). In this study, the diversity of gut microbiota doesn’t show a significant sexual difference in winter, but in summer. Thus, it seems that physiological differences and dietary selection between the sexes in winter won’t influence the microbial diversity of the wild blue sheep, while they are living together, but in summer, while they are separated. In females, there are no seasonal differences in alpha diversity of the gut microbiota. This differentiation, however, exists in males, with a decreased diversity in summer. This implies that seasonal dietary changes are not a determining factor in shaping the micro-environment in sheep’s gut. It seems that a low diversity in males’ gut microbiota during summer is likely to be caused by their own foraging strategy. In our previous research (Chang, 2010), it was indicated that male blue sheep in summer have a larger foraging range than females. They can leave more accessible and higher-quality food to the females who are facing greater nutritional stress in winter of the breeding period, so that males more prefer to take herbaceous plants with a broader distribution range and lower nutrient contents. As a result, the diversity of the recipes in the intestinal microbial community has been reduced in males. This may apply to the cases in the blue sheep analyzed in this study.

We also found that seasonal dietary variation strikingly shapes intestinal flora in summer, which is relatively stable in other seasons. Composition of the intestinal microbiota in the blue sheep is somewhat very similar to that in other ruminants (Costa et al., 2012; Oikonomou et al., 2013; Sun et al., 2020). Firmicutes is the most abundant phylum in blue sheep, followed by Bacteroides. There are also significant seasonal differences: abundant Firmicutes in summer and a significantly higher proportion than in winter (Supplementary Figure 7). Another phylum, Tenericutes, also shows a significant difference between summer and winter (Figure 2) (W = 236, p < 0.01). A study on the bison indicated that the abundant Tenericute increases following the increased seasonal protein intake (Bergmann et al., 2015). In summer and autumn, bison’s diet has a higher protein proportion (Craine and Dybzinski, 2013). A seasonal difference of Tenericutes in the blue sheep may also be caused by the difference in food protein content between summer and winter.

At the genus level, there are significant differences between the two seasons regarding Anaerotruncus, Oscillibacter, and Ruminiclostridium (Supplementary Figure 8), all of them are Firmicutes. They are strikingly abundant in summer than in winter. Anaerotruncus is a butyrate producer (Duncan et al., 2002; Louis et al., 2014), and butyrate is the main energy resource for the colon cells (Scott et al., 2008) to maintain normal physiological functions of the intestine. All three genera are responsible to degrade the fibers during the process of forming organic acids and SCFAs (Koh et al., 2016), facilitating the host to digest complex carbohydrates (e.g., cellulose, hemicellulose) (Dehority and Scott, 1967; McAllister et al., 1994) and absorbing more energy. The calories produced by fiber fermentation account for 10% in Western human society. This proportion in ruminant animals is, however, approximately 50–70%, the main part for energy supply (Bergman, 1990).

Referring to the result from LEfSe analysis (Figure 2), biomarkers in the summer group are Clostrida, Clostridium, and Ruminococcaceae, which is one of the two most abundant flora recorded in mammalian intestines. These bacteria can degrade fibers to produce organic acids and SCFAs (Koh et al., 2016), which may play an important role in maintaining intestinal health (Huws et al., 2011), particularly regarding fiber digestion of the herbivores (Jami and Mizrahi, 2012; Bian et al., 2013). These biomarkers probably make a significant contribution to shaping gut microbes in the summer group, a special adaptation to taking the diet with a higher proportion of the fibers.

Our results indicate that microbial structure in the gut of the blue sheep differs seasonally (Figures 1, 3). Blue sheep is one of the seasonal aggregating ruminants; its structure and composition of microbial flora exhibit significant sexual variation during the segregation period. Males and females, however, tend to have very similar microorganisms after they have gathered together. Blue sheep are distributed in alpine region with enormous diversified food resources from season to season. In summer, their dietary components contain forbs, accounting for 70% of the total; with higher dietary fiber contents, leaves of shrubs are composed of 60% in all dietary categories in winter (Liu et al., 2007; Chang, 2010). Consequently, seasonal variations of intestinal microorganisms respond to seasonal dietary variety. This may be a factor facilitating blue sheep to accumulate enough energy before the sexual congregation in winter for mating purposes.



Metagenomic Function and Energy Intake Differences Between Summer and Winter

Based on the KEGG pathway database, the summer group has more abundant carbohydrate transport and metabolism pathways, energy production, and conversion pathways (Figure 3C). Within the 12 pathways with the highest abundance between the two groups, 11 of them present more abundance in the summer group, among which K05349, beta-glucosidase [EC: 3.2.1.21], is an important fiber-degrading enzyme. The results from the pathway of cellulose degradation to cellobiose indicate that two important enzymes, EC3.2.1.21 and 3.2.1.4, have significant enrichment in the summer group (Figure 4). Captive populations of the Pere David deer with a higher fiber diet also show a higher proportion of EC3.2.1.21 and 3.2.1.4 enzyme (Wang et al., 2019). The reports on the yak and sheep, another two ruminant mammal species in the Qinghai-Tibet Plateau, indicate that they have higher energy absorption efficiency, and more abundant fiber degradation pathway (Zhang et al., 2016). Except for the advantages of fiber degradation pathways, the summer group also shows enrichment of carbon fixation pathways, for example, the Butyrate metabolism pathways and the Propionate metabolism pathways (Figure 5). This corresponds to the efficient formation of the short-chain fatty acid (Russell and Rychlik, 2001; Fuchs, 2011). Thus, given a higher enrichment of β-glucosidase, and two short-chain fatty acid of the metabolic pathways in the summer group, we speculate that a unique intestinal flora in the summer group helps the host accumulate more energy for the preparation of coming breeding season in winter.
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FIGURE 4. Comparisons of gene and transcript abundance gor enzymes involved in summer and winter. (A) The pathway of cellulose degradation, emzymes enriched in summer group are highlighted with red. (B) Relative abundence for each enzyme between summer and winter.
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FIGURE 5. Reconstruction of the metabolic pathways associated with SCAFs formation in the wild blue sheep. KO categories enriched in summer are highlighted with red. Boxed KO categories have statistically significant difference between summer and winter (detailed given in Supplementary Figure 4).


Animal symbiotic microbiota presents a great variation referring to their changeable dietary components and feeding behavioral patterns (Ley et al., 2013; David et al., 2014). Gut microbial flora is also shaped during evolutionary development and by external environmental microbiota (Sullam et al., 2012; Sommer and Baeckhed, 2013; Hale et al., 2018). That blue sheep females and males segregate seasonally can cause gut macrobiotic variation between them because they feed in different habitat niches. Thus, this study indicates that blue sheep have a significant sexual dimorphism in gut microbiota, especially regarding lower intestinal flora diversity due to their different dietary selection and feeding strategy in summer. However, more information on their differences in physiological and nutritional demands is required to interpret such dimorphism mechanism, and their seasonal dietary choices result in significant differentiation in gut microbiota—summer flora helps the hosts to specifically degrade the fibers and produce more short-chain fatty acids and energy. Such a mechanism of natural selection and environmental adaptation allows the blue sheep to hoard much energy, and get ready for the breeding season in winter.
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It has been well acknowledged that the gut microbiome is important for host health, composition changes in these microbial communities might increase susceptibility to infections and reduce adaptability to environment. Reintroduction, as an effective strategy for wild population recovery and genetic diversity maintenance for endangered populations, usually takes captive populations as rewilding resource. While, little is known about the compositional and functional differences of gut microbiota between captive and wild populations, especially for large carnivores, like Amur tiger. In this study, high throughput sequencing of the 16S ribosomal RNA (rRNA) gene (amplicon sequencing) and metagenomics were used to analyze the composition and function variations of gut microbiota communities between captive and wild Amur tiger populations based on total 35 fecal samples (13 from captive tigers and 22 from wild tigers). Our results showed that captive Amur tigers have higher alpha diversity in gut microbiota, but that the average unweighted UniFrac distance of bacterial taxa among wild Amur tigers was much larger. The function differences involve most aspects of the body functions, especially for metabolism, environmental information processing, cellular processes, and organismal systems. It was indicated that the diet habit and environment difference between captive and wild populations lead to composition differences of gut microbiota and then resulted in significant differences in functions. These contrasts of functional and compositional variations in gut microbiota between wild and captive Amur tigers are essential insights for guiding conservation management and policy decision-making, and call for more attention on the influence of gut microbiota on the ability of captive animals to survive in the wild.

Keywords: Amur tiger, 16S ribosomal RNA gene sequencing, core microbiome, metagenome sequencing, conservation management


INTRODUCTION

The gastrointestinal tracts of vertebrates are inhabited by large and diverse populations of bacteria, which play an integral role in food decomposition, nutrient supply, immune modulation, pathogen prevention, and may also be an essential factor in influencing the processes of ecological adaptation (Doolittle, 1998; Round and Mazmanian, 2009; Turnbaugh et al., 2009; Honda and Littman, 2012; Alberdi et al., 2016). Gut microbiota are also indispensable for maintaining the health of hosts, because microbial imbalances may result in changes in the host’s microbial diversity and community composition, potentially leading to inflammatory bowel disease, infectious diseases, obesity, and autoimmune disorders (Frank et al., 2007; Turnbaugh et al., 2009; Moeller et al., 2014; Brune and Dietrich, 2015; Clayton et al., 2016). In return, these host-microbial communities are potentially shaped by intrinsic host traits and extrinsic environmental factors. Host genetics, stomach PH, and antimicrobial peptides, as the intrinsic host traits, could modify the gut microbial community through imposing selection filters (Xia et al., 2014). Among the external factors, diet and surrounding environmental factors are major drivers which substantially influence microbial community composition (Xia et al., 2014). The increasing knowledge of gut microbiota is mainly derived from studies on animals that are germ-free and laboratory-based, which has limited application to animals in the wild (Kohl and Dearing, 2014; Kreisinger et al., 2014). Characterizing the gut microbiota of mammals, living under natural conditions, is an important health issue and has significant impacts on understanding the ecological and evolutionary relationship between hosts and their gut microbiota (Nelson et al., 2013).

Amur tiger (Panthera tigris altaica) represents a charismatic flagship species of the boreal forest of Asia and once was widely distributed across Northeastern China, the Korean Peninsula, and Russian Far East (Ning et al., 2019). However, the wild population dropped sharply in the late 19th century, due to habitat fragmentation, indiscriminate poaching, and other caused by intensified human disturbance, leading it to be highly endangered throughout its range (Wang et al., 2018). The Chinese government has shown great effort to protect this endangered big cat, especially after the leaders of 13 countries reached the consensus on doubling the wild tiger population at St. Petersburg Tiger Forum in 2010 (Kilian, 2010). For instance, the central government of China initiated the Northeast Tiger Leopard National Park in 2015, which covered 14,600 km2 area of the most important Amur tiger habitat in China (Li et al., 2016). And in 2019, the National Forestry and Grassland Administration of China hosted the first International Forum on Tiger and Leopard Transboundary Conservation in Harbin, which attracted more than 300 representatives from 19 regional countries and substantially promoted the international cooperation on tiger and leopard conservation1. Although, the tiger population in China has increased significantly recently under strict conservation regulations, most tiger individuals are still only distributed along the Sino-Russian border (Dou et al., 2016; Wu et al., 2016; Wang et al., 2018). Their inward spread into China was seriously limited by many human disturbance factors and a lack of prey (Wu et al., 2016). In the current situation, reintroduction may be a better choice for maintaining and quickly restoring tiger populations across multiple habitat patches within Northeast China, given that Russia has re-populated Amur tigers to Jewish Autonomous Oblast’s Forest successfully through reintroduction. What is more, the Siberian Tiger Park in Heilongjiang province of China, the largest captive breeding center for Amur tiger in the world keeps more than 1,400 individuals and could provide sufficient resources for reintroducing Amur tigers into the wild in China (http://www.dongbeihulinyuan.com/index.php, in Chinese).

Wild Amur tigers survive in many vegetation types, including deciduous forests, coniferous forests, and natural shrub lands. Their home-range size can often be up to 390 km2 and predominantly prey on native medium and large ungulates, such as red deer (Cervus elaphus), wild boar (Sus scrofa), and roe deer (Capreolus pygargus; Jiang et al., 2014). While, captive individuals live in an environment greatly different from wild populations, both in diet and environment, and they are confined to a very limited area and fed duck, chicken, and beef daily. Even so, many relevant studies suggested that captive Amur tiger still retain the abilities of native prey recognition and has similar extent and distribution of genetic variation found within wild population (Henry et al., 2009; Wang et al., 2019). However, it is still unknown whether these substantial diet and environmental differences between captive and wild tigers would result in variations within gut microbiota, and how they may alter gut microbiota functionality.

In this study, we conducted an analysis of the fecal microbial diversity and function in both wild and captive Amur tiger populations to investigate (1) the gut microbiota compositional variation between captive and wild tigers, (2) the core microbiota in Amur tigers, (3) the gut microbiota’s functional differences between captive and wild tigers, and (4) how the gut microbiota composition of the Amur tiger is related to its the functions? To guide the reintroduction of captive individuals to wild, our research systematically and comprehensively investigates the variations of gut microbiota between captive and wild Amur tigers to provide valuable references for further understanding co-development and co-evolution of gut microbiota between captive and wild large carnivores and to also provide important management considerations for the reintroduction of captive Amur tigers to the wild.



MATERIALS AND METHODS


Sampled Materials

Fecal samples of Amur tigers were collected from both captive and wild individuals. Wild samples were predominantly collected through tracking Amur tiger footprints in the snow and encouraging local forestry workers to collect samples while on patrol. We established a standard procedure for sample collection and storage, since the quality of field samples could be affected greatly by the duration left in the field. Most of the field samples were collected in winter when the field temperature could be lower than −20°C. Fecal samples in the field were first identified to species by amplifying the cytochrome b sequence, and then we uncovered individuals by utilizing eight microsatellite loci (Sugimoto et al., 2006; Ning et al., 2019). We used only the best quality samples of each individual for gut microbiota analysis.

Fecal samples of captive tigers were collected in Siberian Tiger Park, China, during the winter, and healthy Amur tigers were randomly selected. Fecal samples were collected immediately after defecation and stored at −80°C for subsequent extraction of DNA after transportation to the laboratory. All selected captive tigers were not given antibiotics or other medicines for 3 months before this study.



16S rRNA Gene Sequencing

We extracted microbial community genomes from frozen fecal samples of 22 wild individuals and 13 captive individuals using the E.Z.N.A.®Stool DNA Kit (D4015, Omega, Inc., USA) according to the manufacturer’s protocol. Total genomic DNA was subjected to PCR amplification targeting a 400 bp fragment encompassing the V3 and V4 hypervariable of the 16S rRNA gene using the universal bacteria primer set 338F (5'-ACTCCTACGGGAGGCAGCAG-3') and 806R (5'-GGACTACHVGGGTWTCTAAT-3') and was slightly modified to mitigate the issues caused by low sequence diversity amplicons (Fadrosh et al., 2014). PCR-reactions contained 12.5 μl of pusion hot start flex 2X Master Mix, 2.5 μl of each primer, 50 ng sample DNA, and 25 μl of DNA-free water. Negative control reactions contained all components but ultrapure water replaced the sample solution throughout the PCR amplification to eliminate the possibility of false PCR results. PCR were carried out at an initial denaturing temperature of 98°C for 30 s; 35 cycles of denaturation at 98°C for 10 s, annealing at 54°C for 30 s, extension at 72°C for 45 s, and then final extension at 72°C for 10 min. The PCR products were confirmed with 2% agarose gel electrophoresis, and then purified by AMPure XT beads (Beckman Coulter Genomics, Danvers, MA, USA). The purified amplicons were quantified by Qubit (Invitrogen, USA) and pooled in equal concentrations and sequenced using an Illumina MiSeq platform according to the manufacturer’s recommendations.

Paired-end reads were assigned to samples based on their unique barcode and truncated by cutting off the barcode and primer sequence and merged using FLASH. Preprocessed sequences were clustered at 97% nucleotide sequence similarity level by Vsearch (v. 2.3.4; Rognes et al., 2016) and the representative sequences were chosen for each operational taxonomic unit (OTU) by picking the most abundant sequence within each OTU. Taxonomic data were then assigned to each representative sequence using the Ribosomal Database Project (RDP) classifier and used the Mann-Whitney U test to assess the significant differences between wild and captive tigers.

OTUs abundance information was normalized using a standard of sequence number corresponding to the sample with the least sequences. Alpha diversity is applied in analyzing complexity of species diversity through four indices, including Chao1, Shannon, Simpson, and Observed species, which were calculated using QIIME (v. 1.8.0) software (Caporaso et al., 2010). These indices were compared with Kruskal-Wallis test.

Unweighted UniFrac distances account for unique OTUs and weighted UniFrac distances include information of taxonomic abundance. Both are used to assess differences in gut microbiota communities between individuals, and the analysis of similarities (ANOSIM) was used to test the differences between the two groups. In addition, we calculated the average distance by using the UniFrac’s analysis between every pair of guts to measure the similarity of total gut microbiota in different individuals of the same group (Xu et al., 2017), and its values range from zero to one, where two guts having the same communities is given a value of zero. Principle co-ordinates analysis (PCoA) was implemented to visualize natural groupings of the samples using the vegan package in R software, based on weighted and unweighted UniFrac distances.



Core Microbiome

As the core microbiome may be critical to the overall function of those communities, we further analyzed the core microbiome of Amur tigers. We applied the composition method, which is based on the relative abundance of OTU to identify the core OTU firstly by using Metagenomics Core Microbiome Exploration Tool (MetaCoMET; Wang et al., 2016). To analyze the differences in core microbiome between captive and wild populations, the t test in the STAMP software was used to check for significant differences in genus levels between the sample groups. Then, we used the network analysis to visualize the interaction and importance of the microbiome at phylum level by limiting the threshold of p < 0.01 and R > 0.8.



Metagenome Sequencing and Analysis

To further explore the functions variation, we filtrated six wild and six captive samples belonging different individuals for metagenomic sequencing analysis on Illumina sequencing HiSeq platform. We used Trimmomatic v. 0.39 to trimm and split sequencing reads into paired and unpaired categories (Bolger et al., 2014) and used bowtie 2 to remove the host genome2 (Bolger et al., 2014). Then, the short Illumina reads were assembled into contigs according to the default parameters in MEGAHIT v. 1.1.3 (Li et al., 2016). Individual genomes were annotated by using Prokka v. 1.13.3 (Torsten, 2014) and the accurate computational methods were applied for the quantification of gene abundances in salmon v. 0.14.0 (Patro et al., 2017). The determination of the taxonomic profiles was realized by matching the contigs to the NCBI database and evolutionary genealogy of genes in Kraken2 v. 2.0.8 (Wood and Salzberg, 2014). Nonsupervised orthologous groups (EggNOG) database was searched for the functional annotation and assigning KEGG orthology (KO) numbers to each gene. To identify potential sequences belonging to known carbohydrate-active enzymes (CAZy) families, dbCAN2 web server was performed for automated CAZyme annotation (Zhang et al., 2018). Abundant different features of KEGG Level2 and CAZyme were determined using linear discriminant analysis (LDA) effect size (LEfSe) and setting 3 as the threshold on the logarithmic LDA score (Segata et al., 2011).

To assess accurate overall relationship between the gut microbiota and functions, only the relative abundance of taxonomy ID > 0.1% at least in one sample was considered in the cluster analysis to avoid artificial associations. Taxonomy ID and KEGG Level2 were clustered by using hierarchical agglomerative clustering and clustering by function, respectively. The taxonomy ID cluster was used with the hclust function in R software and Euclidean distances were root sum-of-squares of differences for calculating dissimilarities between observations, while the agglomeration method was used in five different methods, including single, complete, average, centroid, and ward.D. The best cluster method was picked according to the cluster structure, and the silhouette plot was performed to help select the proper number of clusters according to the range of average silhouette width. Spearman method was used to analyze the correlation.




RESULTS

Through species identification and microsatellite genetic markers, 150 of 163 fecal samples collected from the wild were confirmed to be tigers and a total of 30 individuals were identified. Twenty-two fecal samples with optimal quality from different individuals were chosen for further analysis (Figure 1). In addition, we collected fresh fecal samples from 13 healthy tigers in Siberian Tiger Park to analyze the gut microbiota composition and function of captive tigers.

[image: Figure 1]

FIGURE 1. Diagram of sample collection of wild Amur tiger (150) and 16S ribosomal RNA (rRNA) gene sequencing (22) and shotgun metagenome sequencing (12).



16S rRNA Sequencing Description

We performed amplicon sequencing of the V3 and V4 region of 16S ribosomal RNA (rRNA) gene on fecal samples collected from captive and wild tigers. After merging the paired-end reads, quality filtering on raw tags and removal of chimeric sequences, we recovered 797,191 reads and the number of sequences per individual sample ranged between 9,732 and 52,870. Amur tiger fecal samples were successfully sequenced with an average of 22,776 reads per individual. These reads were assigned to 1,186 unique phylotypes (OTUs) and 99.07% were successfully classified at the phylum level (n = 17), 98.73% to class (n = 35), 98.39% to order (n = 59), 97.38% to family (n = 125), and 88.61% to genus (n = 260) using the RDP. The major phylum of Firmicutes, Proteobacteria, Actinobacteria, and Bacteroidetes were contributed to 93.95% of the total microbiome abundance. At the genus level, Collinsella up to 17.94% of gut microbiome in Amur tiger, and the other three dominant genera were Clostridium_sensu_stricto, Blautia, and Sphingomonas.



Composition Differences in Gut Microbiota Between Captive and Wild Amur Tiger Populations

Sequencing analysis indicated that species richness of gut microbiota was significantly different between wild and captive tigers (Chao1: wild, 138.41 ± 78.93; captive, 292.79 ± 73.56; p < 0.001) and other indexes showed similar results, such as Shannon (wild, 2.77 ± 1.22; captive, 4.19 ± 0.39; p < 0.001), Simpson (wild, 0.66 ± 0.24; captive, 0.89 ± 0.04; p < 0.001), and Observed species (wild, 102.77 ± 58.58; captive, 182 ± 34.33; p < 0.001; Figure 2A). We used unweighted UniFrac distances throughout the analysis because they provided better clustering to separate the wild and captive group than weighted UniFrac distance. Results of clustering were most likely due to the presence or absence of key taxa in different groups rather than changes in the proportion of dominant members of the microbiota. The non-parametric ANOSIM detected that the inter-group differences between wild and captive ones were significantly greater than the intra-group differences in community composition and abundance (r = 0.33, p = 0.001). By measuring the fraction of branch lengths in the phylogenetic tree, we calculated the average distance within the community. The results showed that the mean value of unweighted UniFrac distance was 0.717 in wild tigers and was 0.551 in captive tigers. The unweighted UniFrac distances through PCoA revealed that the first PCo axis accounted for 21.68% of the total variability detected in the resemblance matrix (Figure 2B). We classified our OTUs to the level of genus, and found that the gut microbiota of wild tigers were dominated by Sphingomonas, Collinsella, Clostridium_sensu_stricto, and Lysinibacillus, while the most abundant genera for captive tigers were Collinsella, Blautia, Fusobacterium, and Bacteroides. Total 76 genera were significantly different in abundance between wild and captive tigers, for instance, the level of gram-positive Lysinibacillus and gram-negative Sphingomonas were much higher in the wild tigers (some of them were showed in Figure 2C). The gut bacterial communities differed in relative abundance between wild and captive tigers also shows in other categories, total four phyla, 29 families were significantly different based on the Mann-Whitney U analysis. The four most dominant phyla, which significantly different between wild and captive tigers, were Actinobacteria ([image: image] = 15.54 ± 21.56%; [image: image] = 28.16 ± 23.02%), Fusobacteria ([image: image] = 0.86 ± 1.9%; [image: image] = 11.92 ± 12.95%), and Bacteroidetes ([image: image] = 1.77 ± 3.45%; [image: image] = 10.54 ± 12.59%; Figure 2D).

[image: Figure 2]

FIGURE 2. Gut microbiota and functional characteristics were different between wild and captive tigers. The box plot showing the Chao1 and Observed index of alpha diversity between wild and captive Amur tiger (A). Shannon and Simpson index of alpha diversity indicates the differences between wild and captive Amur tiger (B). Principal coordinates plot between all samples were generated with unweight UniFrac distance (C). The top 20 genera bacteria were selected for heat map analysis based on the species richness and the color change to reflect the variation in species abundance (D).




Determination of the Core Bacterial Microbiome

To analyze the structural basis of metacommunities for Amur tiger, we identified the core microbiome. A total of 109 core OTUs, which account for 21.46% of the total abundance of the gut microbiota, were identified. Network analysis focusing the potential interactions among the core bacterial phyla recognized a total of 79 positive correlations and 10 modules among three different phyla. The differences in core microbiome showed that, in genus level, the relative abundance of Blautia, Faecalimonas, and Lachnoclostridium were significantly higher in captive Amur tiger than the wild population, especially for Blautia, the relative abundance in captive Amur tigers was 1.6 times of wild tigers (Figure 3A). The network captured a large part of the correlations, where the interactions within each phylum and two modularity revealed that Firmicutes were positively related to Actinobacteria (Figure 3B).

[image: Figure 3]

FIGURE 3. t test shows a significant of genus between the wild and captive Amur tiger, the colors were highlighted in green (A). Spearman correlation networks analyze the co-occurrence patterns between phyla of core microbiota and the size of each node was the proportional of community abundance (B).




Function Differences in Gut Microbiota Between Captive and Wild Amur Tiger Populations

Metagenomic analysis confirmed 7,711 KOs, including 50 KEGG Level2 categories. Wild tigers displayed high abundances in KEGG Level2 categories of cell motility, development and regeneration, cellular community-eukaryotes, and infectious disease: viral, signal transduction, immune system, circulatory system, transport and catabolism, signaling molecules and interaction, substance dependence, endocrine and metabolic disease, and cancer overview. Whereas glycan biosynthesis and metabolism and genetic information processing exhibited higher abundance in captive tigers (Figure 4A). According to the LEfse result of the enzymes, many families had significantly higher in wild tigers, including glycoside hydrolases (GH) families, carbohydrate esterases (CEs), and carbohydrate-binding modules (CBMs), conversely, in captive tigers, the main difference in GH families (Figure 4B).
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FIGURE 4. Linear discriminant analysis (LDA) effect size (LEfSe) analysis of KEGG Level2 (A) and CAZy (B) between wild and captive tiger.




Relationship Between the Gut Microbiota Compositions and Functions

To identify the patterns of covariation, we clustered the taxonomy ID from wild individuals into three clusters by using the ward method. Cluster 1 was dominated by Firmicutes (Clostridium), Cluster 2 was dominated by Firmicutes (Enterococcus and Paeniclostridium), and the remaining taxonomy bacteria belong to Cluster 3, which contains five phyla and are mainly composed of Firmicutes (Blautia), Actinobacteria (Actinoplanes), and Proteobacteria (Campylobacter). According to the results of the correlation analysis, we found that Cluster 2 had no relationship with function groups and Cluster 1 had promoting function on transport and catabolism, cell motility, endocrine system, and infectious disease of bacterial. Cluster 3 had a significant positive correlation with most of the functional groups.

The clustering pattern of gut microbiota of captive Amur tiger was similar to that of wild tiger. Cluster 1 was Firmicutes (Blautia) and the abundance of Blautia in this group accounts for 59.95% of the total content of Blautia in captive Amur tigers, Cluster 2 includes Firmicutes (Clostridium and Blautia) and Proteobacteria (Escherichia), and the remaining taxonomy bacteria belong to Cluster 3, which contains five phyla and are mainly composed of Bacteroidetes (Bacteroides), Firmicutes (Clostridium), and Actinobacteria (Dietzia). Nevertheless, all taxonomy ID clusters had a significant relationship with different functional groups. Cluster1 had significant positive correlation with membrane transport and aging and immune system, while Cluster 3 had an inhibitory relationship with the function of substance dependence. The correlations between pathway partition and taxonomy ID clusters were compared to analyze the functional differences of gut microbiota between wild and captive tigers. We found that taxonomy ID of wild tigers were positive associated with the categories of metabolism (lipid metabolism, biosynthesis of other secondary metabolites, xenobiotics biodegradation, and metabolism), environmental information processing (membrane transport and signal transduction), cellular processes (transport and catabolism and cell motility), and organismal systems (endocrine system). While the taxonomy ID of captive tigers had significant relationship with functions of digestive system, substance dependence, and infectious disease of parasitic.




DISCUSSION

Gut microbiota, which is closely related to the host health, play an important role in impacting the body’s metabolism, immunity, speciation, and many other functions (Bravo et al., 2011, 2012; Brucker and Bordenstein, 2012; Ezenwa et al., 2012). Analysis of the differences in gut microbiota is a key step in releasing captive Amur tigers to help expand the wild population. While, due to technology and samples collection of wild tigers, this part of the research is still limited. In this study, we performed a metagenomic inventory of 22 wild individuals and 13 captive individuals to investigate the variations of the gut microbiota composition and function traits and their correlations both in wild and captive Amur tigers. Taxonomic assignment of 16S rRNA sequences showed that the gut microbiota of Amur tigers was composed by 17 bacterial phyla, and the most important constituents were Firmicutes and Proteobacteria and this is in agreement with previous study on composition and functional structures of captive tigers (He et al., 2018b), gaur (Prabhu et al., 2020), and other mammals (Wasimuddin et al., 2017). At the genus level, Collinsella was dominant and positively correlated with circulating insulin. It was suggested that the abundance of Collinsella depends on the dietary intake of the host (Gomez-Arango et al., 2018), which significantly more abundance in captive tigers.


Gut Microbiota Structures and Composition of Amur Tigers

The alpha diversity showed significant difference, captive tigers show a higher gut microbial diversity, which contrasts our predictions and may be caused by the reasons that captive tigers get more chances to contact with other individuals and interact with their keepers and visitors more often. The high microbial richness of captive population was also reported in leopard seals (Nelson et al., 2013). Moreover, we found that wild tigers harbor higher difference in unweighted UniFrac distance, which implies that the composition of the gut microbiota among wild individuals showed less overlap than captive ones and have higher divergence of gut microbiota when compared with captive ones. According to the result of PCoA and Anosim, there was a clear difference between these two groups, demonstrating that the bacterial communities differed greatly between wild and captive populations.

As shown in Figure 2D, the differences at genus levels between captive and wild tigers were obvious. The relative abundance of Sphingomonas and Lysinibacillus were remarkably higher in the wild tigers, while Blautia, Fusobacterium, and Bacteroides had a significant increase in captive tigers. Sphingomonas and Lysinibacillus had a widespread distribution in various aquatic environments and contaminated soils and sediments (Failor et al., 2019) and were characterized by the functions of degrading the copper pipes in drinking water and strong enzymatic capabilities, respectively (White et al., 1996; Welch, 2006; Xu et al., 2017; Failor et al., 2019). The increased relative abundance of Blautia and Bacteroides was also found in human when the body had a good nutrition (Durand et al., 2017) or had consumed high protein and fat food (Lee et al., 2019). Bacteria of phylum of Actinobacteria, Fusobacteria, and Bacteroidetes were significantly more prevalent in captive tigers and these phyla were involved in maintaining homeostasis of the host, the potential for protein degradation, and responsibility of the body’s metabolism (Colston and Jackson, 2016). The reasons for the composition differences in the gut microbiota of wild and captive Amur tigers may be due to the combined effect of diet and habitat heterogeneity. Previous studies have also proved that these two factors greatly contribute to gut microbial variation within species (Amato et al., 2013; Barelli et al., 2015; Uddin et al., 2017). Wild Amur tiger has a wide range for activities, as well as a variety of vegetation types and rich food resources. There are more than 10 kinds of animals that were preyed by tigers, and wild tigers often successfully hunt large prey about once a week (Gu et al., 2018). However, captive tigers were fed by duck, pork, and beef as their common dietary items (He et al., 2018a). Regularly, continuous feeding and less exercise were typical common characteristics of captive animals. Therefore, in the gut microbiota of wild Amur tigers, a variety of gut taxonomy are commonly found in the environment, and the dominant bacteria in captive tigers are related to nutrients consumption.



Amur Tiger Core Microbiota

For the Amur tiger core microbiome, we identified three phyla as the main core microbiome, which have been confirmed by previous report about the human core microbiome (Zaura et al., 2009; Zhu et al., 2010). According to the results of t test, Faecalimonas, Lachnoclostridium, and Blautia were significantly increased in captive tigers. Lachnoclostridium abundance has been shown to increase in the gut microbiome of pigs after feeding the low-protein diet supplemented with 10 g/kg of alpha-ketoglutarate (Zhou et al., 2020). Faecalimonas umbilicata, as the only type species of Faecalimonas genus, had the function of acetate-producing bacterium in human feces (Mitsuo et al., 2017; Sakamoto et al., 2018). All positive associations among three main phyla control the entire network and are consistent with the generally self-sustaining assortment of bacteria (Aschenbrenner et al., 2017). Firmicutes, as the most prevalent phylum in the core microbiota and the largest modules in the bacterial network, could breakdown carbohydrates and promote the absorption of nutrients (Colston and Jackson, 2016). We also identified the positive correlation between Firmicutes and Actinobacteria members, which may indicate their consistent response to similar environmental conditions (Eiler et al., 2011). All of these results suggested that diet was the main reason for the differences in the core taxa of Amur tigers.



Differences in Gut Microbiota Functions Between Wild and Captive Amur Tigers

This study uncovered the significant differences in biological functions of the gut microbiota between wild and captive Amur tigers. Twelve pathways belonging to five major categories (environmental information processing, cellular processes, organismal systems, human diseases, and not included in pathway or brite) were more abundant in wild tigers. A large part of these functions was related to human diseases that have essentially influenced by environmental factors (Kanehisa et al., 2009) or organism systems and played an important role in ensuring the normal function of the host and maintaining a stable state (Xing et al., 2019). These pathways are more prevalent in wild tigers, possibly because they faced more diverse conditions in the wild than in captive tigers, such as expanding their territory and home range and hunting various prey to obtain energy supply. One of the two functions, which were more significant in captive tigers, belongs to the metabolism that helps the host to digest and absorb (Dai et al., 2011). This situation could be explained by the stable food intake, and relatively little exercise consumes energy in captive tigers.

LEfSE analysis based on the CAZy databases showed that the largest proportion differences between the two populations are GH families. The relative abundance of GH2, GH3, GH16, GH20, GH29, GH35, GH89, GH92, GH97, and GH109 were higher in captive tigers, whereas GH17, GH24, and GH73 were higher in wild tigers. GHs had a crucial role in breakdown complex carbohydrates (Lee et al., 2013) and played an indispensable role in processing various exogenous and endogenous glycoconjugate in human gut microbiota (Pellock et al., 2018). This result was consistent with the hypothesis that captive Amur tigers in stable food sources required more enzymes for metabolism than wild tigers (Pitta et al., 2016), proving that disturbing effects of dietary interventions.



Relationship Between the Gut Microbiota Compositions and Functions

We tried to confirm the relationship between gut microbiota and metabolism function; however, it was somewhat unrealistic to treat each taxonomy ID and each function as independent (Hooper et al., 2002) while the taxonomy ID clusters and classifications of KEGG Level2 were closely correlated to each other. By the correlation result, we found that the Firmicutes (Clostridium) in wild tigers was positively correlated with the function of infectious disease, a similar conclusion was reached from another analysis showed that Clostridium perfringens was the second most common bacteria that cause bacterial illnesses (Scharff, 2012; Huang et al., 2019). According to our results, Firmicutes (Blautia) was positively correlated with the immune system. Previous reports from Jenq et al. (2015) also indicate that Blautia had a beneficial anti-inflammatory effect. Most of the correlation results of this study showed that multiple gut microbiota work together on the functions. The only significant inhibitory effect was recognized between Cluster 3 and substance dependence (alcoholism, cocaine addiction, and amphetamine addiction) function; this phenomenon may be related to some intake of medications for disease treatment and prevention for captive tigers, which would also alter the gut microbiota community considerably (Xue et al., 2013; Qiao and Ma, 2018). The Cluster 3 of taxonomy ID in wild tigers could promote the three main categories of environmental information processing, cellular processes, and organismal systems, which were also the main differences of gut microbiota functions between wild and captive tigers. In addition, we found that Firmicutes (Clostridium and Blautia) and Proteobacteria (Escherichia) were associated with parasitic infectious diseases. C. perfringens belongs to the genus of Clostridum, and its spores had been identified in water in previous studies. Managers may be needed to supervise the quality of drinking water to reduce the presence of pathogen bacteria and achieve the purpose of inhibiting the prevalence of function.



Research Implications

Since differences in gut microbiota between captive and wild tigers were largely influenced by dietary habits and living environment (Xue et al., 2013; Bletz et al., 2016; Schmidt et al., 2019), we suggest that adapting the gut microbial community of captive tigers to that of wild tigers should be considered as one of the important preparation stages for reintroduction and an indispensable metric to evaluate whether reintroduction should be attempted. Furthermore, to achieve this, we propose the following considerations to be used in the reintroduction preparation process:

Rewilding training should not only consider an animal’s predation ability but also its adaptability to food and environment. Additionally, the rewilding site should be located in a natural environment similar to where the tiger will be introduced. Over time, their diet should be gradually replaced by accurate potential prey from the wild, and we should minimize human and drug intervention. Ideally, the rewilding training site would gradually increase in size over time until it is large enough to include most of the wild potential prey species and habitat types in the site to help the tigers establish a wild-adapted gut microbiota.

It is also necessary to extend the duration of rewilding training to make sure that gut microbiota could successfully evolve from captive structure to a wild structure. A monitoring database on the gut microbiota of wild Amur tigers and their dynamics should be established as contrasting data. Once the rewilding training is able to significantly reduce the difference in composition and function of gut microbiota between captive and wild tigers, the reintroduction will likely have a higher chance of success.

Further research needs to shed more light on understanding the interactions among host genetic relatedness, environmental variation, dietary changes, and the gut microbiota of Amur tigers. Additionally, incorporating novel methods (e.g., transcriptome) to study the functional annotation of gene content and the functional traits of hosts should be implemented to better understand the impact that physiology and immunology of tigers may further impact their reintroduction success.




CONCLUSION

Our study provided a comprehensive catalog of the gut microbiome of Amur tigers through 16S rRNA gene and metagenome analysis of fecal samples. Comparing analysis identified significant variations of gut microbiota composition and functions between captive and wild populations and also indicated that diet and environment have a great influence on these variations. These findings were of great significance for the reintroduction of captive Amur tigers, given that the differences of gut microbiota composition and functions between captive and wild tigers would greatly impact the ability of captive tigers to adapt to the wild environment. For further study, incorporating novel methods (e.g., transcriptome) to study the functional annotation of gene content and the functional traits of host would be essential for better understanding the physiology and immunology of tigers.
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The gut microbiota plays a key role in host health, and disruptions to gut bacterial homeostasis can cause disease. However, the effect of disease on gut microbiota assembly remains unclear and gut microbiota-based predictions of health status is a promising yet poorly established field. Using Illumina high-throughput sequencing technology, we compared the gut microbiota between healthy (HA and HB) and diarrhoeic (DS) Rana dybowskii groups and analyzed the functional profiles through a phylogenetic investigation of communities by reconstruction of unobserved states (PICRUSt) analysis. In addition, we estimated the correlation between gut microbiota structures and predicted the functional compositions. The results showed significant differences in the phylogenetic diversity (Pd), Shannon, and observed richness (Sobs) indices between the DS and HB groups, with significant differences observed in the gut microbiota composition between the DS group and the HA and HB groups. Linear discriminant analysis (LDA) effect size (LEfSe) results revealed that Proteobacteria were significantly enriched in the DS group; Bacteroidetes were significantly enriched in the HA and HB groups; and Aeromonas, Citrobacter, Enterococcus, Hafnia-Obesumbacterium, Morganella, Lactococcus, Providencia, Vagococcus, and Staphylococcus were significantly enriched in the DS group. Venn diagrams revealed that there were many more unique genera in the DS group than the HA and HB groups. Among 102 sensitive species selected using the indicator method, 33 indicated a healthy status and 69 (e.g., Acinetobacter, Aeromonas, Legionella, Morganella, Proteus, Providencia, Staphylococcus, and Vagococcus) indicated a diseased status. There was a significant and positive association between the composition and functional composition of the gut microbiota, thus indicating low functional redundancy of the frog gut bacterial community. Rana dybowskii disease was associated with changes in the gut microbiota, which subsequently disrupted bacterial-mediated functions. The results of this study can aid in revealing the effect of the R. dybowskii gut microbiota on host health and provide a basis for elucidating the mechanism of the occurrence of R. dybowskii disease.
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INTRODUCTION

The gut microbiota represents a significant microbiota in the host (Rudi et al., 2018), and in recent years, numerous studies have investigated how various factors may impact the gut bacterial community, such as antibiotic use, health, diet, nutrition, and age (Pascoe et al., 2017). Most studies on the gut bacterial community have been conducted in mammals, especially humans and laboratory rodents (Kohl and Yahn, 2016). In contrast, there is a paucity of information regarding the gut bacterial community of amphibians (Kohl and Yahn, 2016; Jiménez and Sommer, 2017).

Currently, the interplay between the gut microbiota and host health is an important topic that has received a great deal of interest (Xiong et al., 2017). Studies have shown that different structures and compositions of the gut microbiota can affect the nutritional metabolism and sensitivity to external pathogen infection of the host (Colombo et al., 2015). Infection with pathogenic microorganisms can alter the composition of the gut microbiota, which in turn destroys the normal function of the gut microorganisms and leads to disease (Qi et al., 2019). The microbiome has a profound effect on host health and disease (Ma et al., 2019). However, previous studies on amphibians have not focused on the gut microbiota at the community level but rather focused on one or a few potential single pathogens from diseased individuals (Gomez et al., 2017; Jiménez and Sommer, 2017). In recent years, numerous studies have shown that the occurrence of disease is caused by the synergy of a variety of pathogens (Mosser et al., 2015). However, few studies have used changes in the gut microbiota to assess the health of amphibians.

Functional predictions can link the structure of the gut microbiome with the function of the gut microbiota and thus may better clarify the pathogenesis (Xiong et al., 2017; Yu et al., 2018). Several studies have shown that captivity may increase the relative abundance of some potential pathogenic bacteria in the amphibian gut microbiota (Xiang et al., 2018; Tong et al., 2019). Studies have been conducted on the correlation between disease occurrence and the composition of the gut microbiome in some aquaculture animals (e.g., shrimp) (Xiang et al., 2018; Tong et al., 2019). However, the current study focuses on the correlation between disease occurrence and the composition of the gut microbiota and on obtaining functional information on how community changes affect microbial correlations (Yu et al., 2018). Because microbiota has high functional redundancy, the extent to which changes in the gut microbiota affect different functions remains unclear (Yu et al., 2018). In recent years, due to the rapid development of bioinformatics, it has become possible to predict the functions corresponding to different bacteria (Yu et al., 2018). A previous study used PICRUSt to perform functional predictions regarding the core bacterial communities on the skin of Plethodon cinereus and showed that the core bacteria were closely linked to immunomodulation (Loudon et al., 2014). Yu et al. (2018) performed functional predictions of metabolic processes (such as antibacterial immunity, lysosomes, and peroxidase) and noted that they were weakened in diseased animals (Yu et al., 2018). Thus, functional prediction can link the structure of the gut microbiota with their function and clarify pathogenesis. However, few studies have focused on the characteristics of the gut microbiota in amphibians, with a particular lack of functional information on how community changes affect microbially mediated functions.

Rana dybowskii (brown frog) is an important aquaculture species with both medicinal and nutritional value (Tong et al., 2018). The conditions in which amphibians live in captivity are highly different from those in the wild, and a higher mortality of frogs occurs at higher densities in culture environments (Xiang et al., 2018; Tong et al., 2019). There may be one or more stressors in the cultured environment that indirectly make animals susceptible to disease (Hedrick, 1998; Densmore and Green, 2007). The population of brown frogs bred in captivity has long been characterized by health instability and a high incidence of disease, commonly including diarrhoea (Cui et al., 2007). A variety of factors can cause diarrhoea in amphibians and may be associated with parasitic infections, gastroenteritis and gastrointestinal foreign bodies (Bertelsen and Crawshaw, 2003; Leigh Ann, 2005). Feeding amphibians inappropriate food, such as excessive amounts of simple carbohydrates, can also cause diarrhoea (Clayton, 2005). Brown frog diarrhoea primarily occurs in summer or during the rainy season on unclean farms (Cui et al., 2007). During high-density intensive culture, it is possible to conduct research on the frog gut microbiota and understand the changes in processes and structural differences of this community in frogs at different physiological states, which may provide new ideas for disease surveillance and early warning in amphibians (Jiménez and Sommer, 2017). Despite its importance, the characteristics of the gut microbiota in diseased amphibians have been poorly studied (Rebollar and Harris, 2019).

Amphibians are distinctive among animals medically, morphologically, and physiologically (Densmore and Green, 2007). Their collectively unique life histories and the considerable gaps in our knowledge concerning amphibian diseases and veterinary care increase the difficulty of successfully diagnosing, treating, and maintaining amphibians (Densmore and Green, 2007). An ultimate goal of microbial ecology projects is to predict, assess, and add host health status based on the gut microbiota assembly (Xiong et al., 2017). In the present study, samples of healthy and diarrhoeic brown frogs were collected, Illumina sequencing techniques were used to analyze the response mechanism of the gut microbiota in diseased and healthy frogs, and functional predictions were performed using PICRUSt to test the following hypotheses: (1) significant differences occur in the gut microbiota diversity of healthy and diarrhoeic brown frogs; (2) screening for sensitive microbial populations can indicate the health of brown frogs; and (3) changes in the gut bacterial community result in changes in function, i.e., there is no functional redundancy of the intestinal microorganisms of the brown frog.



MATERIALS AND METHODS


Sample Collection

The healthy and diarrhoeic brown frogs used in this study were taken from three different farms in Jixi City, Heilongjiang Province, China. The conditions of the farms were basically similar. The frogs of the farms were fed daily live yellow mealworm larvae (Tenebrio molitor) and house fly larvae (Musca domestica L.). The ratio of yellow mealworm larvae to house fly larvae in each farm is different, and the feed of fly larvae in each farm is also different. Fly larvae should be fasted for more than 24 h before feeding frogs, and larvae should be cleaned before feeding frogs. At the end of May, approximately 3,200 brown frogs were stocked in each enclosure at a density of approximately 50/m2. At the time of sampling, one of the farms was in the midst of a disease outbreak, with a daily death toll of 200–300 per enclosure. We sampled three separate groups of brown frogs: one group representing frogs with diarrhoea (the DS group) and two groups representing healthy frogs (the HA and HB groups). The DS group (6 samples, DS1–DS6) was sampled on July 05, 2017, and the male-to-female ratio was 3:3. The HA group (5 samples, HA1–HA5) was sampled on July 15, 2017, and the male-to-female ratio was 2:3. The HB group (7 samples, HB1–HB7) was sampled on September 15, 2017, and the male-to-female ratio was 3:4. The body mass of the frogs were 20.51 ± 1.25 g in the CY group, 21.12 ± 2.01 g in the HA group and 22.36 ± 2.65 g in the HB group.

Brown frogs are completely terrestrial frogs, and they are mostly found in dense vegetation during the summer months, thus increasing the difficulty of observing their defecation (Beard et al., 2002). However, compared to the feces of other frogs living in water, such as bullfrogs and frogs, the feces of brown frogs are discharged on land, making the feces content, shape and composition easier to observe (Cui et al., 2007). The feces of brown frogs varies according to the individual (length or body mass) and has a gray-black color, and the feces length of 2-year-old brown frogs is approximately 1.0 cm (Cui et al., 2007).

This study observed that the number of defecations of brown frogs with diarrhoea significantly exceeded the normal frequency. The manure was striped and sticky, had a high water content and included undigested food (such as all or part of the house fly larvae), pus and mucus. The symptoms of diarrhoea in brown frog are very different from those in other animals (such as mammals) (Gomez et al., 2017). Diseased brown frogs may fast after disease onset, and brown frogs can absorb water through the skin and thus do not need to drink water, which shortens the duration of the diarrhoea.

The gut contents were sampled from frog intestines within 20 min after euthanasia. Euthanasia was performed as follows: a glass dryer was laid with gauze, and then each frog was anesthetized by placing a cotton ball immersed with an ether and alcohol mixture underneath (Tong et al., 2020). After flexing of the frog neck, the foramen magnum was observed and a firm metal rod was inserted and rotated cranially to break the distant brain and spinal cord. Prior to disposing of the euthanized amphibians, frog death was confirmed by physical euthanasia or by detecting the stop of the heartbeat. The gut was cautiously isolated from the body, and a portion beginning after the stomach (no stomach) and extending to the anus was collected. A new pair of sterile tweezers was used at each sampling time to prevent cross-pollution. Each sample was put into a sterile vial and rapidly maintained at −80°C.



DNA Extraction and PCR Amplification

After sample homogenization, DNA from gut microbes was extracted using a FastDNA® spin kit for soil (MP Biomedical, United States) according to the manufacturer’s instructions. The DNA quality was detected by 1% agarose gel electrophoresis, and the DNA quantity and A260/A280 ratio were measured on a NanoDrop 2000 spectrophotometer (Thermo Scientific, United States). Then, 16S rRNA genes in V3–V4 were amplified with primers 806R (5′-GGACTACHVGGGTWTCTAAT-3′) and 338F (5′-ACTCCTACGGGAGGCAG CAG-3′) under the following conditions: 95°C for 3 min; 27 cycles of 95°C for 30 s, 55°C for 30 s, and 72°C for 45 s; and 72°C for 10 min. The solutions for PCR amplification were 20 μl each, including 5 × FastPfu buffer (4 μl), FastPfu polymerase (0.4 μl), 2.5 mM dNTPs (2 μl), each primer (5 μM and 0.8 μl), template DNA (10 ng) and sterilized ddH2O. The PCR products were isolated from a 2% agarose gel and treated on an AxyPrep DNA gel extraction kit (Axygen Biosciences, United States). The DNA quantity was assessed with QuantiFluorTM-ST (Promega, United States).



Illumina MiSeq Sequencing

The amplicon levels were standardized, and the samples were gathered. Then, library QC, quantitation, and paired-end sequencing (2 × 300) were performed on a MiSeq system (Illumina, United States). The raw reads were submitted to the NCBI Sequence Read Archive (ID: SUB140047, SUB6512769, and SUB3350790).



Processing of Sequencing Data

The obtained data were processed with UCHIME (version 1.17) (Edgar et al., 2011) and converted to fastq files. Paired-end sequences were merged using FLASH when the overlapping sequence was longer than 10 bp, and quality filtering was performed using mothur (Whiles et al., 2006) to discard any sequence with homopolymers of 6 bp and blur bases. Chimeras were removed using UCHIME (Edgar et al., 2011). After subsampling each sample to an equal sequencing depth and clustering, 886 operational taxonomic units (OTUs) at 97% identity were obtained, with the number of OTUs ranging from 137 to 472 per sample.



Ecological and Statistical Analyses

The alpha diversities [phylogenetic diversity (Pd), observed richness (Sobs), and Shannon indices] of the gut microbiotas between diarrhoeic frogs and healthy frogs were calculated using mothur1 (Schloss et al., 2011). For continuous variables (Pd, Sobs, and Shannon indices), we used the Shapiro–Wilk (SW) test to assess whether the data conformed to a normal distribution. When the data met the normal distribution, the Levene test was used to test whether the variances were equal. If the variances were equal, then an analysis of variance (ANOVA) was used. Tukey’s test was used to perform a pairwise comparison of significant differences, while the Kruskal–Wallis test was used if the variance was not equal or did not obey the normal distribution. When the Kruskal–Wallis rank-sum test showed a significant difference, the Nemenyi test was used for comparisons. All statistical analyses were performed in the R software environment (version: 3.6.3). A value of P < 0.05 was considered significant.

Differences in the bacterial communities between groups were comparatively analyzed by computing the Bray–Curtis dissimilarity and weighted UniFrac similarity from an OTU-level table (Küng et al., 2014) and by non-metric multidimensional scaling (NMDS) for visualization. The diversity of communities at the sequencing depth of each sample was determined from rarefaction curves. Relative abundance was compared between groups of bacterial taxa using the Wilcoxon rank-sum test. The significance level was P < 0.05.

Unique and shared genera were identified from the Venn diagrams plotted in R package 3.1.0 (R Core Team, New Zealand), and the core OTUs among all samples and representing ≥0.1% of the reads were assigned. The chi-square test and Fisher’s exact test were used to assess differences in the unique and shared microbial taxa. The differences at the phylum and genus levels were recalculated, and the relative abundance (<0.01% of OTUs in each sample) was analyzed between groups via the Wilcoxon rank-sum test and multiple test correction (Benjamini–Hochberg FDR). The corrected P level was <0.05. We used the linear discriminant analysis (LDA) effect size (LEfSe) to identify significant associations between bacterial taxa and host groups (Segata et al., 2011). This index, which accounts for both bioconsistency and significance, was examined to identify differentially abundant OTUs between the control and diarrhoeic animals (DS vs. HA and DS vs. HB).

The functional shifts in the microbiotas of different groups (DS vs. HA and DS vs. HB) were predicted using Phylogenetic Investigation of Communities by Reconstruction of Unobserved States (PICRUSt) (Kanehisa et al., 2012), which can predict the Kyoto Encyclopaedia of Genes and Genomes (KEGG) Ortholog (KO) functional profiles of microbial communities via 16S rRNA gene sequences (Langille et al., 2013) and link OTUs with gene content via a phylogenetic tree of 16S rRNA gene sequences. Thus, such predictions depend on the tree structure and recognition of the closest neighbor, even for large spaces. The relative abundance variations between groups were contrasted via the rank-sum test. P < 0.05 was considered significant.

The overall differences in phylogenetic composition and predicted functional compositions were evaluated through a principal coordinate analysis and analysis of similarity using the Bray–Curtis distance, and the association between the changes in the compositions was tested through Pearson correlation based on Mantel tests. The indicator taxa linked with each group were recognized by the IndVal (indicator values) (Dufrêne and Legendre, 1997). Rare taxa were discarded since rare taxa will mistakenly imply special taxa (Pandit et al., 2009). Only taxa with relative abundances >0.1% and significant IndVal values > 0.95 (P < 0.05) were chosen (Dufrêne and Legendre, 1997; Logares et al., 2013). The analytical tool was the “labdsv” package in R v3.0.0.



RESULTS


Alpha Diversity of Gut Microbiota and Shared Microbiota

The sequences were grouped as OTUs at >97% identity, and 886 OTUs that were 443 bp long per read on average were acquired. The samples contained 287.11 ± 113.14 OTUs, varying from 137 (HB6) to 472 (DS5). In the rarefaction tests, the majority of sequenced samples, especially the samples in the HB group, arrived at the plateau stage (Supplementary Figure S1).

The Pd, Shannon, and Sobs indices were significantly different among the three groups (Kruskal–Wallis rank sum test, P < 0.001; ANOVA, P = 0.028; Kruskal–Wallis rank sum test, P < 0.001). The Pd, Shannon, and Sobs indices in the DS group were significantly different than those determined for the DS and HB groups (Nemenyi test, P < 0.001; Tukey test, P = 0.024; Nemenyi test, P < 0.001; Figure 1), whereas no difference was observed between the DS and HA groups (Nemenyi test, P > 0.05; Tukey test, P > 0.05; Nemenyi test, P > 0.05; Figure 1).
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FIGURE 1. Comparison of alpha diversity in the gut microbiota of diarrhoeic and healthy groups. Comparison of the phylogenetic diversity index (A), Shannon index (B), and Sob index (C) of the gut microbiota between the HA or HB group and DS group (*0.01 < P ≤ 0.05).


As the number of samples increased, the number of core OTUs in the DS and HA groups slightly decreased while the number of core OTUs in the HB group and in all frogs decreased to a greater extent (Figures 2A,B). The core OTU numbers in the HA, HB, and DS groups and all frogs were 200, 175, 75, and 2, respectively (Figures 2A,B). The core OTUs among all frogs were OTU655 (Firmicutes, Erysipelatoclostridium) and OTU398 (Proteobacteria, Pseudomonas). The number of shared bacterial genera in the three groups was 108 (Figure 2C). Significant differences were observed between the DS and HA groups (170/459 vs. 35/389) and the DS and HB groups (189/440 vs. 52/322) in the number of unique microbiota and total microbial components at the genera level (Fisher’s exact test, P < 0.001). Venn diagrams revealed that there were many more unique genera in the DS group than the HA and HB groups (Figure 2C). The unique genera in the DS group were primarily Vagococcus, Koukoulia, Nosocomiicoccus, and Brachybacterium (Figure 2D).
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FIGURE 2. Shared and unique microbiota. Core OTUs of the HA, HB, and DS groups (A), core OTUs of all frogs (B), shared and unique genera among healthy (HA and HB groups) and diarrhoeic (DS group) brown frogs (C), and unique genera in diarrhoeic brown frogs (DS group) (D).




Beta Diversity of the Gut Microbiota

Non-metric multidimensional scaling was used to examine the community compositions of the gut microbiota of the three groups (Figure 3). A NMDS analysis based on the Bray–Curtis distance matrix showed that significant separation occurred between the DS and HA groups and the DS and HB groups (Figure 3A). A NMDS analysis based on the weighted UniFrac distance matrix showed that samples from the HA and HB groups were close together while those from the DS and HB groups were significantly separated (Figure 3B). The gut bacterial community compositions differed significantly between the DS and HA groups (ANOSIM: Bray–Curtis, r = 1, P = 0.005; weighted UniFrac, r = 1, P = 0.004), and the DS and HB groups (ANOSIM: Bray–Curtis, r = 0.8954, P = 0.002; weighted UniFrac, r = 0.659, P = 0.005). Based on the Bray–Curtis distance, the gut bacterial community compositions differed significantly between the HA and HB groups (ANOSIM: Bray–Curtis, r = 0.814, P = 0.002; Figure 3A); however, based on the weighted UniFrac distance, the compositions were not significant (ANOSIM: weighted UniFrac, r = 0.196, P = 0.082; Figure 3B).
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FIGURE 3. Bacterial community variation among brown frogs of diarrhoeic and healthy groups. Non-metric multidimensional scaling based on all OTUs shows patterns of division by health status (red: DS; green: HA; blue: HB) based on the Bray–Curtis (A) and weighted UniFrac (B) distance. Each point represents the microbial community of a brown frog in a given group.




Composition of and Variation in Frog Gut Microbiotas

The dominant phyla (> 1%) in the gut microbiota were Proteobacteria, Firmicutes, Actinobacteria, Bacteroidetes, and Cyanobacteria in the DS group; Bacteroidetes, Firmicutes, Proteobacteria, Actinobacteria, Fusobacteria, and Cyanobacteria in the HA group; and Bacteroidetes, Proteobacteria, Firmicutes, and Actinobacteria in the HB group (Figure 4A and Supplementary Figure S2A). Twenty-two phyla were identified in the DS and HA groups, and 7 phyla (Actinobacteria, Bacteroidetes, Chlamydiae, Chloroflexi, Proteobacteria, Saccharibacteria, and Tenericutes) showed significant differences (Wilcoxon rank-sum test and multiple test correction with Benjamini–Hochberg FD, adjusted P < 0.05; Supplementary Figure S3A). Twenty-three phyla were identified in the DS and HB groups, and 7 phyla (Actinobacteria, Bacteroidetes, Chlamydiae, Chloroflexi, Deferribacteres, Saccharibacteria, and TM6__Dependentiae) showed significant differences (Wilcoxon rank-sum test and multiple test correction with Benjamini–Hochberg FD, adjusted P < 0.05; Supplementary Figure S3B). Fourteen phyla were identified in the HA and HB groups, and 5 phyla (Deferribacteres, Fusobacteria, Saccharibacteria, Tenericutes, and Verrucomicrobia) showed significant differences (Wilcoxon rank-sum test and multiple test correction with Benjamini–Hochberg FD, adjusted P < 0.05; Supplementary Figure S3C).
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FIGURE 4. Community bar plot analysis of bacteria at the phylum (A) and genus (B) levels. Only genera with relative abundances over 2% in at least one sample are shown here.


The dominant genera (>5%) in the gut microbiota were Citrobacter, Enterococcus, and Vagococcus in the DS group; Bacillus, Bacteroides, Citrobacter, Lachnoclostridium, Parabacteroides, and unclassified_f__Ruminococcaceae in the HA group; and Bacteroides, Candidatus, Hepatincola, Deefgea, and Pseudomonas in the HB group (Figure 4B and Supplementary Figure S2B). Of all 362 genera in the DS and HA groups, 176 showed significant differences between the DS and HA groups (Wilcoxon rank-sum test and multiple test correction with Benjamini–Hochberg FD, adjusted P < 0.05; Supplementary Table S1). Of all 255 genera in the HA and HB groups, 78 showed significant differences between the HA and HB groups. (Wilcoxon rank-sum test and multiple test correction with Benjamini–Hochberg FD, adjusted P < 0.05; Supplementary Table S2). Of all 255 genera in the HA and HB groups, 78 showed significant differences between the DS and HA groups (Wilcoxon rank-sum test and multiple test correction with Benjamini–Hochberg FD, adjusted P < 0.05; Supplementary Table S3).

At all taxonomic levels, communities were more diverse in frogs with diarrhoea than in healthy frogs. At the phylum level, LEfSe revealed that Proteobacteria were significantly more abundant in the DS group and that Bacteroidetes were significantly more abundant in the HA and HB groups (LDA > 4, P < 0.05; Supplementary Figures S4, S5). At the genus level, LEfSe revealed that Aeromonas, Citrobacter, Enterococcus, Hafnia-Obesumbacterium, Morganella, Providencia, Vagococcus, and Staphylococcus were significantly enriched in the DS group compared to the HA group, while Bacillus, Bacteroides, Lachnoclostridium, Parabacteroides, Phascolarctobacterium, unclassified-f-Ruminococcaceae, and unclassified-f-Lachnospiraceae were significantly enriched in the HA group (LDA > 4, P < 0.05; Supplementary Figure S4). Moreover, at the genus level, LEfSe revealed that Aeromonas, Citrobacter, Enterococcus, Hafnia-Obesumbacterium, Morganella, Lactococcus, Morganella, Providencia, Vagococcus, Staphylococcus, and unclassified-f-Micrococcaceae were significantly enriched in the DS group compared to the RE group, while Bacteroides, Deefgea, Eubacterium, and Robinsoniella were significantly enriched in the HB group (LDA > 4, P < 0.05; Supplementary Figure S5). At the genus level, LEfSe revealed that Bacillus, Citrobacter, Lachnoclostridium, Parabacteroides, Phascolarctobacterium, unclassified-f-Ruminococcaceae, and unclassified-f-Lachnospiraceae were significantly enriched in the HA group compared to the HB group, while Deefgea, Pseudomonas, and Robinsoniella were significantly enriched in the HB group (LDA > 4, P < 0.05; Supplementary Figure S6).



Indicator Taxa of Frog Health Status

One hundred two sensitive species were selected at the genus level, of which 33 indicated a healthy bacterial status (20 in the HA group and 13 in the HB group) and 69 indicated a diseased bacterial status (e.g., Acinetobacter, Aeromonas, Legionella, Morganella, Proteus, Providencia, Staphylococcus, and Vagococcus) (Figure 5). A heat map was generated that depicts the normalized abundances of the 102 indicator taxa across the samples and showed their abilities to discriminate among samples according to the sampling site and health status (Figure 5).
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FIGURE 5. Heatmap showing the relative abundances of the 102 screened indicator taxa between the healthy and diseased groups. The text next to the ordinate presents the name of the sample, and the text under the horizontal information presents the name of the species. The color patch gradient is used to show the abundance changes of different species in the sample. On the right side of the figure, the values represented by the color gradient are shown. Different color patches at the bottom indicate enrichment in this group.




Linear Regression Analysis Between Bacterial Community Structure and Function

Three hundred twenty-six metabolic functional pathways were obtained in the DS and HA groups, and 329 metabolic functional pathways were obtained in the DS and HB groups. The primary coordinate analysis showed significant differences in the functional composition between healthy and diarrhoeic frogs, which was primarily separated by axis 1 (Figures 6A,B). The community similarity test likewise showed a significant difference in functional composition between healthy and diarrhoeic frogs (DS: HA, R2 = 0.477, P = 0.003, Figure 6A; DS: HB, R2 = 0.223, P = 0.047, Figure 6B).
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FIGURE 6. Functional differences in gut microbiota between diarrhoeic and healthy frogs. PCoA of functional structures of bacterial community using the Bray–Curtis distance (A,B) and links between compositional and functional similarities (C,D).


A linear regression analysis showed that the community composition and functional composition of the healthy HA group and the diarrhoeic DS group were significantly and positively correlated (DS: HA: r = 0.696, P = 0.001, Figure 6C; DS: HB: r = 0.616, P = 0.001, Figure 6D), indicating that changes in the intestinal bacterial community of brown frogs significantly altered the bacteria-mediated physiological functions.

The predicted genomic functions of the R. dybowskii gut microbiota were evaluated using PICRUSt, the results of which are shown in Figure 7. A comparison between the DS and HA groups showed that seven KEGG pathways were enriched in the DS group (immune system diseases, infectious diseases, etc.), and seven pathways were significantly enriched in the HA group (immune system, energy metabolism, etc.) (Figure 7A), while a comparison between the DS and HB groups showed that eleven KEGG pathways (immune system diseases, cardiovascular diseases, etc.) were significantly enriched in the DS group, and six KEGG pathways (immune system, energy metabolism, etc.) were enriched in the HB group (Figure 7B).
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FIGURE 7. Relative abundance of forecasted genes in the metagenome associated with level-1 and level-2 KEGG pathways. (A,B) Red, green, and blue boxes: DS, HA, and HB groups, respectively. The left, middle and right lists represent level-1 and level-2 KEGG pathways and the abundance of each pathway, respectively. Asterisks indicate significant differences among groups.




DISCUSSION

In this study, we used Illumina high-throughput sequencing techniques to compare and analyze the gut microbiota composition of diarrhoeic and healthy brown frogs as well as the functional profiles. The results showed significant changes in the composition and function of the gut microbiota associated with R. dybowskii disease, and sensitive bacteria genera that indicated the health and disease status of brown frogs were identified. The results of the present study are of great significance for evaluating the health status of brown frogs and elucidating the mechanism of R. dybowskii disease occurrence.


Brown Frog Disease and Management of Frog Culture Health

At present, the brown frog farming industry is stagnant, primarily due to the long growth cycle (at least 18 months from hatching to slaughtering), complex management procedures based on life history (primarily including spawning, hatching, tadpoles, metamorphosis, the growth of 1-year-old young frogs, hibernation, emergence, the growth of 2-year-old young frogs and other stages of feeding and management techniques), and high incidence of disease in frog farms (Tong et al., 2019). Diseases that frequently occur during the growth of frogs are a considerable obstacle to the development of the brown frog aquaculture industry (Xiang et al., 2018; Tong et al., 2019). Most diseases of captive amphibians are directly or indirectly related to feeding and management (Densmore and Green, 2007). Amphibians are notoriously sensitive to captivity (Griffiths and Pavajeau, 2008), and brown frogs may be even more sensitive to conditions on land (Tong et al., 2019). For captive and wild amphibian populations, deviations from ideal environmental conditions can be extremely harmful to health and may be associated with the occurrence and development of disease (Densmore and Green, 2007). Moreover, one or more stressors may occur in the cultured environment that indirectly increase the animals’ susceptibility to disease (Hedrick, 1998; Densmore and Green, 2007).

In brown frog farming, several factors may cause disease (e.g., diarrhoea and red leg syndrome), such as poor breeding management and lack of timely environmental clean-up (inadequate cleaning and disinfection) (Densmore and Green, 2007). Diarrhoeic brown frogs excrete incompletely digested housefly larvae (Cui et al., 2007). Amphibian diarrhoea may be associated with parasitic infections, gastroenteritis, and gastrointestinal foreign bodies (Bertelsen and Crawshaw, 2003; Leigh Ann, 2005). Feeding amphibians inappropriate food, such as excessive amounts of simple carbohydrates, can also cause diarrhoea (Clayton, 2005). Although house fly larvae are easy to breed and inexpensive, they have a high water content and are not easily digested by brown frogs (Wang and Shelomi, 2017). Housefly maggot meal is often used in place of fish meal, which may adversely affect the nutrition and intestinal health of bullfrogs (Li et al., 2019). Live house fly larvae also carry many bacteria inside and outside the body, potentially including many pathogens (Khamesipour et al., 2018). Therefore, the breeding process should be combined with an adjusted feeding structure and the growth of an increased number of yellow powder worms may reduce the occurrence of disease.



Diversity of the Gut Microbiota of Frogs

The results of the present study showed that the alpha diversity of the DS group (diseased frogs) was higher than that of the HB group, although a significant difference was not observed between the DS and HA groups. Studies have reported significantly reduced alpha diversity (Schoster et al., 2017; Li et al., 2018), no difference in alpha diversity (Gomez et al., 2017; Schoster et al., 2017; Yang et al., 2017), and elevated alpha diversity (Tran et al., 2018) in the gut microbiota after diarrhoea in animals. Even in the absence of disease, microbial alpha diversity can vary widely among animal populations, among individuals within a population, and among different microbiota habitats within the same individual (Huang et al., 2018; Rudi et al., 2018). Thus, the occurrence of disease may be accompanied to some extent by changes in the alpha diversity of gut microbes but not always a significant reduction in alpha diversity.

In the present study, factors that could affect the alpha diversity of the gut microbiota due to diarrhoea may have been complicated by the occurrence of other diseases because some enriched bacterial genera (such as Aeromonas, Morganella, Providencia, Proteus, and Staphylococcus) are often associated with diarrhoea in animals (Samonis et al., 1997; Cajetan et al., 2010) or other diseases (such as Aeromonas, Citrobacter, Proteus, and Staphylococcus), such as red-leg syndrome (Mauel et al., 2002; Pasteris et al., 2006; Schadich and Cole, 2009; Xie et al., 2009; Weng et al., 2016). Bacterial infections may be a common consequence of other problems, such as traumatic injury in unsanitary captive situations, and the pathogens may be secondary invaders following viral infections and mycotic skin infections (Densmore and Green, 2007). These factors may affect the alpha diversity of frog gut microbiota.

In the present study, a significant difference was observed in the beta diversity of the gut microbiota between the diarrhoeic and healthy frogs but not between the HE group and RE group based on weighted UniFrac dissimilarities (Figure 3B). Because the species composition changes with the disease state, some microbiome OTUs may serve as potential diagnostic indicators of disease (Ma et al., 2019). According to the Venn diagram, the proportion of shared genera between the diarrhoeic and healthy frogs was lower and the proportion of unique genera was relatively higher, indicating a lower similarity between the diarrhoeic and healthy groups. Changes in shared species should offer promising diagnostic indicators for animal microbiome-associated diseases (Ma et al., 2019). Therefore, using methods other than bacterial diversity (such as indicator values in the present study) provides us with a great deal of information on host health status as well as a new perspective to diagnose and treat diseases of amphibians (Yu et al., 2018).

In this study, weighted UniFrac results were not significantly different between the HA and HB groups while the Bray–Curtis distance indicated significant differences, which may be related to a number of factors. Different methods of raising house fly larvae may cause differences in the gut microbiota of captive brown frogs. Flies represent the main food for captive-bred frogs; however, the microbiota composition of flies in different farms can vary greatly. House fly larvae are kept in different farms, and the feed used is very different, including discarded human food, cornmeal, and slaughterhouse waste. The composition of the food of captive brown frogs, such as the ratio of house fly larvae to yellow powder larvae, may cause differences in the gut microbiota of these frogs. Differences in culture management, such as the temperature in the greenhouse, may affect the intestinal microbiota of captive brown frogs (Kohl and Yahn, 2016). In this study, we combined the two health groups and compared them with the diseased group, which led to increased differences between the healthy groups and decreased differences between the healthy group and the diseased group; thus, the difference between the groups was difficult to find. In particular, when the sources of health groups differ greatly, this effect will be further amplified.

Significant differences were observed in the composition of the gut microbiota between healthy and diarrhoeic brown frogs. Compared with the gut microbiota composition of healthy brown frogs, the relative abundance of Proteobacteria in diarrhoeic brown frogs increased significantly while the content of Bacteroidetes decreased significantly (Supplementary Figure S3). The relative abundance of Bacteroidetes in the intestines decreased significantly. A reduction in Bacteroidetes is speculated to reduce the feeding vitality of brown frogs (consistent with the observed symptoms of disease), thereby making the frogs more susceptible to pathogenic infection and increasing the risk of disease. In this study, bacteria that are often associated with diarrhoea in animals, namely, Aeromonas, Morganella, Providencia, Proteus, and Staphylococcus (Samonis et al., 1997; Cajetan et al., 2010), were significantly enriched in the diarrhoeic frogs. We also observed that pathogenic bacteria associated with red-leg syndrome, such as Aeromonas, Citrobacter, Proteus, and Staphylococcus, were significantly enriched in the diarrhoeic group (Mauel et al., 2002; Pasteris et al., 2006; Schadich and Cole, 2009; Xie et al., 2009; Weng et al., 2016). Brown frogs with diarrhoea may also be accompanied by the clinical symptoms of red-leg syndrome. Vertebrate intestinal tracts carry a large number of pathogenic microorganisms, and many pathogens do not exhibit pathogenicity under normal conditions but may exhibit strong pathogenicity during gut microbiota dysbiosis (Nagaokitamoto et al., 2016). The occurrence of bacterial diseases may depend on the structure and composition of the gut microbiota or on interactions within the gut microbiota. For example, Aeromonas infection is often accompanied by mixed infections (Mosser et al., 2015), suggesting that Aeromonas infection may interact with other bacteria and that the resulting disease may depend on the composition of the gut microbiota.



Biological Sensitivity Was Used to Indicate the Health Status of Frogs

A comparison of the differences in intestinal microbial abundance between healthy and diseased brown frogs revealed that the health status of brown frogs could be indicated and assessed by examining sensitive populations (Yu et al., 2018). We screened 102 bacterial genera in the gut microbiota of healthy and sick brown frogs for indicative microorganisms using indicator values (Figure 5). Known physiological functions and ecological characteristics coincide with the occurrence of disease. For example, Staphylococcus can produce the enterotoxins teratosrol and heterottoin, which can cause purulent infections, sepsis and enteritis and may cause death in certain vertebrates (Oladele et al., 2012). Proteus products include whiplash, bacillus, endotoxins and hemolytic toxins, which can lead to severe diarrhoea upon infection in animals (Cajetan et al., 2010). Aeromonas is the most common pathogenic genus in frog culture and can produce highly dangerous toxins (e.g., hemolytic toxins, tissue toxins, and enterotoxins), and its increased abundance may lead to outbreaks of frog disease (Mosser et al., 2015; Tong et al., 2019). We detected that the relative abundance of Aeromonas in the intestines of diseased brown frogs was significantly higher than that in healthy frogs. Therefore, the abundance of potential pathogenic bacteria (such as Aeromonas and Staphylococcus) in the cultured environment should be controlled to maintain the healthy breeding of brown frogs in the future (Xiang et al., 2018). On the other hand, the relative abundance of Bacillus was significantly reduced in the diarrhoeic frogs. Bacillus has the ability to suppress harmful bacteria and can produce substances to inhibit the growth of pathogenic bacteria, such as antibiotics, while the production of a variety of digestive enzymes can help the host digest nutrients, thereby resulting in a dual role in disease prevention and control (Elshaghabee et al., 2017). Bacillus has been used as a probiotic to improve the health of vertebrates (Hai, 2015). Therefore, the health status of brown frogs can be assessed by detecting the dynamic changes in sensitive bacteria, which can provide a reference for the healthy breeding of brown frogs (Xiong et al., 2017; Yu et al., 2018).



Differences in the Function of the Gut Microbiota of Healthy and Diarrhoeic Frogs

Because the occurrence of host disease often accompanies the destruction of the dynamic balance of the gut microbiota, the gut microbiota plays an important role in promoting host health (Sánchez et al., 2017). Although this view has become widely accepted, because different microorganisms can perform similar functions, functional redundancy is thought to occur in the microbiota (Moya and Ferrer, 2016). Studies have shown that different species of frogs have different gut microbiota structures but that these bacterial communities have similar biological functions (Vences et al., 2016). Therefore, how changes in the gut microbiota associated with disease affect physiological functions remains unclear (Yu et al., 2018). The results of the present study showed that changes in the gut microbiota of the brown frog were accompanied by significant changes in the predicted functions of the gut microbiota; moreover, a significant positive correlation occurred between the structural similarity and the functional similarity of the bacterial community, indicating that the functional redundancy of the gut microbiota of the brown frog was relatively low (Figure 6). The functional redundancy of microbes in the gut ecosystem may be different in different species of animals (Schwarz et al., 2016). The diverse gut microbiota of mammals presents functional redundancy that may buffer shifts in composition (Lozupone et al., 2012), although some animal species (including some amphibians and insects) typically have a much lower microbiota diversity and consequently may be more affected by dysbiosis (Schwarz et al., 2016). The same species of animals may have different functional redundancy at different developmental stages or during disease progression. For example, redundancy in the infant gut may be much higher than that observed in the adult gut (Moya and Ferrer, 2016). On the other hand, the consequences of different age-, diet-, and disease-induced trajectories are strongly influenced by functional redundancy (Moya and Ferrer, 2016). Changes in the gut microbiota have been associated with disease and intervention, such as antibiotic treatment and diarrhoea (Samonis et al., 1997; Cajetan et al., 2010). Therefore, disease may also be accompanied by a loss of functional redundancy over time, which may be associated with the severity of the dysbiosis and the disease progression (Moya and Ferrer, 2016). Additionally, in the present study, changes in predicted function were consistent with the disease symptoms. For example, in diarrhoeic frogs, the immune system was significantly reduced and disease-related functions were significantly enriched (Figure 7). Therefore, the occurrence of the disease is accompanied by changes in the gut microbiota that reduce the functions associated with digestion, absorption, and energy metabolism, thereby resulting in a decrease in the animal’s feeding capacity and a reduction in the energy involved in the immune response, thereby aggravating R. dybowskii disease.



CONCLUSION

In the present study, we investigated for the first time the impacts of disease on the gut bacterial community of frogs. The results showed that disease was accompanied by significant changes in the composition and function of the gut microbiota. Bacterial genera responsive to variations in health state and possible indicator taxa were identified, and their dynamic modes were identical with their relevant ecofunctions, thus providing a foundation for the development of gut microbial treatment schemes for frog health control. A significant and positive association was observed between the composition and functional composition of the gut microbiota community, indicating a low functional redundancy of the frog gut bacterial community. The results of the study are important for evaluating the health of brown frogs and elucidating the mechanisms of disease occurrence.
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Adaptation to a bamboo diet is an essential process for giant panda growth, and gut microbes play an important role in the digestion of the polysaccharides in bamboo. The dietary transition in giant panda cubs is particularly complex, but it is an ideal period in which to study the effects of gut microbes on polysaccharide use because their main food changes from milk to bamboo (together with some bamboo shoot and coarse pastry). Here, we used 16S rDNA and internal transcribed spacer 1 (ITS1) DNA sequencing and metagenomic sequencing analysis to investigate the succession of the gut microbial structure in feces sampled from twin giant panda cubs during the completely dietary transition and determine the abundances of polysaccharide-metabolizing genes and their corresponding microbes to better understand the degradation of bamboo polysaccharides. Successive changes in the gut microbial diversity and structure were apparent in the growth of pandas during dietary shift process. Microbial diversity increased after the introduction of supplementary foods and then varied in a complex way for 1.5–2 years as bamboo and complex food components were introduced. They then stabilized after 2 years, when the cubs consumed a specialized bamboo diet. The microbes had more potential to metabolize the cellulose in bamboo than the hemicellulose, providing genes encoding cellulase systems corresponding to glycoside hydrolases (GHs; such as GH1, GH3, GH5, GH8, GH9, GH74, and GH94). The cellulose-metabolizing species (or genes) of gut bacteria was more abundant than that of gut fungi. Although cellulose-metabolizing species did not predominate in the gut bacterial community, microbial interactions allowed the giant pandas to achieve the necessary dietary shift and ultimately adapt to a bamboo diet.

Keywords: gut microbes, succession, Clostridium, giant panda cub, cellulose degradation, functional gene prediction, GH5


INTRODUCTION

The giant panda, Ailuropoda melanoleuca, is the flagship species of biodiversity conservation throughout the world (Wei et al., 2019). It belongs to the order Carnivora and has a typical carnivorous intestinal structure (Zhang et al., 2007). However, it consumes a high-cellulose diet composed of bamboo (> 90%) and complementary foods (Hu et al., 2017).

Researchers have found no cellulolytic enzyme genes in the genome of the giant panda, which must rely instead on its gut microbes to digest cellulose (Zhang et al., 2007; Li et al., 2010; Wei et al., 2019). However, it lacks a herbivore-like rumen, in which more than half the carbohydrate-active proteins can degrade cellulose and many still-unknown bacterial species (and candidate genes) participate in the relevant activities (Hess et al., 2011; Neumann and Suen, 2018; Sheikh et al., 2019). Several microbial strains and GH genes that can degrade cellulose have been identified with high-throughput sequencing and culture in vitro (Anand et al., 2012; Mearls and Lynd, 2014; Wang et al., 2016; Guo W. et al., 2018; Liu et al., 2019). These findings demonstrate, to some extent, the important status of cellulose in the nutrient usage of the giant panda. The giant panda has evolved a pseudothumb for grasping bamboo and metabolic pathways to efficiently utilize the essential amino acids, fatty acids, and vitamins in bamboo (Hu et al., 2017; Guo M. et al., 2018) and has also established close interactions with specific gut microbes during its adaptation to a bamboo diet (Mckenney et al., 2017), not only for nutrient digestion but also for detoxification (Zhu et al., 2018). Zhang et al. (2018) suggested that the intestinal microbes of the giant panda digest cellulose poorly and that the hemicellulose in their food is mainly utilized by giant panda cubs. However, hemicellulose is usually more stable than cellulose and harder to degrade (Bhat et al., 2011; Zhang et al., 2018).

Most of these studies have been based on the analysis of gut microbial diversity and microbial genomes. These maybe because the digestive capacity of the gut microbes in the giant panda for bamboo cellulose and hemicellulose is difficult to analyze directly with enzyme activity tests. Both cellulases and hemicellulases are multi-enzyme systems (Zhang et al., 2019). Microorganisms can degrade cellulose while degrading small amounts of hemicellulose and that the biodegradation of hemicellulose by microbes is usually accompanied by cellulose degradation (Du et al., 2019; Luo et al., 2019). Changes in the structure of polysaccharide-metabolizing microbes and their functional genes with high-throughput sequencing may more clearly and systematically reflect microbial potential for degradation of different polysaccharides in panda (Hess et al., 2011; Berlemont et al., 2020), although these studies have so far failed to present a unified statement with different sampling techniques and analytical methods. For instance, some of the studies mentioned above were comparative studies of the cellulose-digesting ability of herbivores and adult giant pandas. However, the intestinal physiological structures and feeding behaviors of these animals vary greatly (Guo W. et al., 2018). Other studies have identified the changes in the gut flora that occur in different individual pandas from cubs to the juvenile and their functional genes much greater potential for encoding hemicellulases than cellulases (Zhang et al., 2018). However, the microbial contributors to polysaccharide-metabolizing genes are still unclear and the bias introduced by the use of different individuals with different physiological and dietary conditions has not been accommodated.

Giant panda cubs undergo a specific process of dietary change when they transition from milk to a high-polysaccharide bamboo diet in their adaptation to a specialized bamboo diet. This process is especially important to panda cubs, and during it, they are very fragile, with a low survival rate (Guo M. et al., 2018; Stewart et al., 2018). It is quite a complex period, but it is ideal for investigating the relationships between intestinal microbes and the polysaccharide metabolism of the giant panda. Zhang et al. (2018) have demonstrated that the gut microbes of suckling panda cubs stabilized after the age of 1 year and that the bacterial population structure in suckling cubs differed from that in adult pandas on a bamboo diet. However, their analysis of different individuals is likely to have amplified the impact of individual differences and discontinuous sampling, which will have confused the complete succession of gut microbes that occurs during adaptation to bamboo. Giant panda cubs still consume a little milk after the age of 1 year, so whether a stable microbial structure is established in that period is still unclear. Whether cellulose or hemicellulose hopefully becomes the preferential substrate of gut microbes for panda still needs investigation.

Here, we assume that (i) the gut microbial structure of giant panda cubs still changes considerably after they are 1 year old and gradually adopts the stable microbial components of the adult giant panda, which should correspond to dietary shift and bamboo adaptation; (ii) the types and abundances of polysaccharide-metabolizing genes will change with the succession of complex gut microbial community, forming microbial interaction and potentially functional gene groups encoding cellulases and hemicellulases to deal with the intractable polysaccharides in bamboo. To test these hypotheses, we investigated the gut microbial structures in twin giant panda cubs reared with similar physiological and growth characteristics, to circumvent any individual or environmental differences, from when they mainly consumed formula milk until their adaptation to a fully bamboo diet. In this way, we studied (i) the succession of the gut microbial diversity and components during the period of dietary change, (ii) the types and abundance of functional genes encoding polysaccharides metabolism, and (iii) the identities of the microbes and their potential strategies that contribute to polysaccharide metabolism in giant panda.



MATERIALS AND METHODS


Giant Panda Breeding and Sample Collection

To investigate the succession of intestinal microbes in giant panda cubs during dietary change and their adaptation to a bamboo diet, two captive-born giant pandas bred in the Shanghai Wild Animal Park and born in October 2016 were included in the study (Supplementary Table S1). The twin panda cubs were named YueYue and BanBan. Sampling began in August 2017 and continued to February 2019 (once every 1–3 months, a total of 11 times, details in Supplementary Material). Because their diet varied as they grew, the pandas’ feces were divided into four stages (Table 1). The health status of both pandas was monitored during the sampling period and no abnormalities were detected. Fresh fecal samples were collected immediately each morning and frozen (−20°C) in the laboratory before DNA extraction.


TABLE 1. Basic feeding information of panda cubs during dietary change.
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DNA Extraction, Sequencing, and 16S rDNA Analysis

The frozen stool samples were thawed on ice packs. Equal contamination-free core parts of each sample (10 g/day) were taken from five stool samples collected on five consecutive days with a clean, sterile pharmacy spoon and mixed for later analysis. The DNA was extracted from the giant panda fecal samples with the PowerSoil® DNA Isolation Kit (Mo Bio Laboratories Inc., Carlsbad, CA, United States), according to the manufacturer’s instructions. The extracted DNA was stored at −20°C before analysis. A pyrosequencing analysis was performed on the Illumina Miseq PE300 platform by Shanghai Majorbio Technology Co., Ltd. (Shanghai, China). The details of the DNA extraction steps, 16 S, and ITS-1 sequence amplification are available in Supplementary Material. The raw reads were deposited into the NCBI Sequence Read Archive (SRA) database (Accession Number: PRJNA626529).

The raw fastq files were demultiplexed and quality-filtered by fastp version 0.19.6 (Chen et al., 2018) and merged by FLASH (version 1.2.11)1 (Magoč and Salzberg, 2011), according to the following criteria: (i) the 300 bp reads were truncated at any site receiving an average quality score of <20 over a 50 bp sliding window, and the truncated reads shorter than 50 bp were discarded, reads containing ambiguous characters were also discarded; (ii) only overlapping sequences longer than 10 bp were assembled according to their overlapped sequence. The maximum mismatch ratio of overlap region was 0.2. Reads that could not be assembled were discarded; (iii) samples were distinguished according to the barcode and primers, and the sequence direction was adjusted, exact barcode matching, two-nucleotide mismatch in primer matching. The operational taxonomic units (OTUs) were clustered with a 97% similarity cutoff using UPARSE (version 7.1)2 (Edgar et al., 2011). Chimeric sequences were identified and removed with UCHIME. The taxonomy of each OUT representative sequence was analyzed by RDP Classifier version 2.11 (Wang et al., 2007) against the 16S (Silva v132) and ITS (UNITE v8.0) database using confidence threshold of 0.7.



Metagenomic Sequencing Analysis

Total genomic DNA was extracted from the giant panda fecal samples (samples from S1, S3, and S4, n = 6), and the extraction steps were the same as mentioned above in section “DNA Extraction, Sequencing, and 16S rDNA Analysis.” The concentration and purity of the extracted DNA were determined with a TBS-380 Mini-Fluorometer (Turner BioSystems, San Francisco, CA, United States) and a NanoDrop 2000 spectrophotometer (NanoDrop, Wilmington, DE, United States), respectively. DNA quality was checked on 1% agarose gel, and the DNA was then fragmented to an average size of about 400 bp using the Covaris M220 Focused ultrasonicator (Gene Company Ltd., China) to construct a paired-end library. The paired-end library was constructed using the NEXTflexTM Rapid DNA-Seq Kit (Bioo Scientific, Austin, TX, United States). Adapters containing the full complement of sequencing primer hybridization sites were ligated to the blunt-ended fragments. Paired-end sequencing was performed on the Illumina NovaSeq platform (Illumina Inc., San Diego, CA, United States) at Majorbio Bio-Pharm Technology Co., Ltd. (Shanghai, China) using NovaSeq Reagent Kits, according to the manufacturer’s instructions3.

The data were analyzed on the free online platform Majorbio Cloud Platform4. The paired-end Illumina reads were trimmed of adaptors, and low-quality reads (length < 50 bp; with a quality value < 20; or containing N bases) were removed with fastp (version 0.20.0)5 (Chen et al., 2018). The metagenomic data were assembled with MEGAHIT (version 1.1.2)6 (Li et al., 2015), which makes use of succinct de Bruijn graphs. Contigs with a length of ≥300 bp were selected as the final results for assembly, and the contigs were then used for gene prediction and annotation. The open reading frames (ORFs) in each assembled contig were predicted with MetaGene7 (Noguchi et al., 2006). The predicted ORFs (≥100 bp) were retrieved and translated (by NCBI). A non-redundant (NR) gene catalog was constructed with CD-HIT (version 4.6.1)8 with 90% sequence identity and 90% coverage (Fu et al., 2012). After quality control, the remaining reads were mapped to the gene sets with SOAPaligner (version 2.21)9 with 95% identity (Li et al., 2008), and the gene abundance in each sample was evaluated. Representative sequences from the NR gene catalog were aligned to those in the NCBI NR database for taxonomic annotation, using Diamond (version 0.8.35)10 (according to best-hit method with an e-value cutoff of 1e-5), against the eggNOG database for cluster of orthologous groups (COG) of proteins annotation, using Diamond (version 0.8.35)10 (with an e-value cutoff of 1e-5), and against the Kyoto Encyclopedia of Genes and Genomes (KEGG) database for KEGG annotation, using Diamond (version 0.8.35)10 (with an e-value cutoff of 1e-5). The carbohydrate-active enzymes were annotated with hmmscan11 against the CAZy database, with an e-value cutoff of 1e-5 (Buchfink et al., 2015).



Statistical Analysis

The data on microbial α-diversity in the panda feces were calculated with OriginPro 8 SR0 (version 8.0724). Significant differences in α-diversity between groups were detected with Welch’s t-test. The R language vegan package was used to draw the OTU community bar charts and heatmaps. A β-diversity distance matrix was constructed, and a hierarchical clustering analysis was performed based on it. The UPGMA algorithm was then used to build a tree structure with R. The Bray–Curtis method was used to calculate the distance between two samples and to quantify the differences in the species abundance distributions among the samples.

The OTU abundance table was standardized with Phylogenetic Investigation of Communities by Reconstruction of Unobserved States 2 (PICRUSt 2), a software package for the functional prediction of 16S amplified sequencing results, which removes the effect of the copy number of the 16S rRNA marker gene in the species genome. Each OTU corresponding to a phylogenetic lineage in this software was then used to annotate the COG and KEGG functions of the OTUs to produce the OTU annotation information for each functional level and the abundance information for each function. PICRUSt 2 was also used to analyze the fungal data.

The R language vegan package was also used to draw a heatmap of the CAZy genes [screening for GHs and cellulose-binding modules (CBMs)] based on a specific enzyme (EC 3.2.1.4, EC 3.2.1.8, and EC 3.2.1.37) gene catalog. A contribution analysis of the microbial species for polysaccharide-metabolizing enzyme genes in the metagenomic sequencing samples was based on a CAZy gene catalog (mainly GHs and CBMs), which was annotated with KEGG and identifying genes corresponding to the putative cellulases (EC3.2.1.4) and hemicellulases (EC3.2.1.8 and EC3.2.1.37), and which were annotated with NR database to identify specific functional species. The correlation analysis was based on the relative abundances of species and functional genes. Each contribution was then characterized by the size of the correlation value. Spearman’s correlation analyses were also based on the CAZy gene catalog (mainly GHs and CBMs), which contained specific genes mainly encoding putative cellulases and hemicellulases, and their corresponding species were identified by Gene ID (>25 species) in the samples (annotated with the NR database). The microbial species were accurately classified to the species level and categorized by color at the genus level. The Spearman’s correlation coefficient threshold was 0.5 (P < 0.05). The sample data involved in the enzyme contribution analysis described above and Spearman’s correlation analysis were used in the sample sum calculations for the same dietary shift stage, and all abundance values for species and genes were calculated as read numbers/gene length. The 50 most abundant species and genes were presented and were analyzed in this study.

More details of the experimental data are available in Supplementary Material.



RESULTS


Variations in the Gut Microbial Diversity During Dietary Change and Bamboo Adaptation

We characterized the fecal bacterial diversity of captive twin giant panda cubs raised at the Shanghai Wild Animal Park (Shanghai, China). Both the cubs had similar physiological and growth characteristics (Supplementary Table S1). When analyzing the fecal microbial diversity in the two cubs, we observed interesting trends and successions in both α- and β-diversity (Supplementary Table S2). First, the total number of species observed (Sobs) and the Chao diversity index, which reflect the intestinal bacterial richness, increased significantly (P < 0.05 on Welch’s t-test) with the development of both cubs from 10 months to 1.5 years, as their solid foods (such as bamboo shoots, coarse pastry, and bamboo) increased. These indices then gradually stabilized, and after the age of 2 years, when the cubs were completely weaned and predominantly ate bamboo, bacterial richness showed no significant changes (Table 1, Figures 1A,B, and Supplementary Figure S1). Shannon’s index, which indicates microbial heterogeneity, and Simpson’s index, which describes the probability that the taxa obtained in two consecutive random samples of the microbial community belong to the same species, also indicate the proportions of the dominant microbes, at least to some extent. The decline in Shannon’s index and the increase in Simpson’s index implied that the bacterial communities became less heterogeneous and contained larger proportions of the dominant taxa after the cubs were 2 years old (P < 0.05 on Welch’s t-test; Figures 1C,D and Supplementary Figure S1). Bacterial populations that were unimportant or could not adapt to gut environment might be replaced. The gut bacterial diversity of the two cubs showed significant individual differences (P < 0.05 on Student’s t-test) at 1.5–2 years old, but there were no significant individual differences at the other sampling times during the period of dietary change (Supplementary Figure S1 and Table 1).
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FIGURE 1. Fecal bacterial α-diversity in giant panda cubs during the dietary change stage. (A) Sobs index; (B) Chao index; (C) Shannon’s index; (D) Simpson’s index. Colored bars represent the different stages of dietary change. Blue bars represent individual diversity indices in stage 1 and stage 2 (formula and chewing bamboo), purple bars represent those in stage 3 (increasing bamboo consumption), and green bars represent those in stage 4 (bamboo diet). Results are expressed as means ± standard errors. Intestinal bacterial α-diversity is indicated by the height of the column at each sampling time, and the overall fluctuations in the four indices are expressed by the black trend lines.


A principal coordinates analysis (PCoA) and Adonis analysis based on the Bray–Curtis values showed that the gut bacterial components of both cubs varied significantly during the period of dietary change (P < 0.05) and that the differences among the different sampling times were considerably greater than the differences between cubs (Figures 2A,B and Supplementary Figure S2). In particular, according to PC1, the bacterial structure after 2 years of age was clearly different (59.91%) from that in other periods, and the distant clustering of the gut bacterial components of the two panda cubs before and after the age of 2 years suggests that the bacterial community of the giant panda is restructured after 2 years of age. There were also large differences in the bacterial components of the two cubs also when they were aged 1.5–2 years, as indicated by the distant hierarchical clustering based on the Bray–Curtis analysis (group average) (Figure 2C).
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FIGURE 2. Fecal bacterial and fungal β-diversity in giant panda cubs during the period of dietary change. Colored symbols represent different stages of dietary change. (A–C) describe the results for bacterial β-diversity; (D,E) describe the results for fungal β-diversity. (A) PCoA analysis of genera showed the relative distances between samples in different stages of dietary change; each pattern represents a different individual in a different stage, so the individual differences are also reflected in the relative distances. (B) and (D) are based on an Adonis analysis; “Between” represents differences between sample groups (according to sampling time), and the other bars, named “s (sample) + year (last two digits) + month (two digits),” represent the individual differences at each sampling time. Y-axis scale represents rank of distance. (C,E) Hierarchical clustering tree at the genus level. The lengths between branches represent the distances between samples marked by (Age + name); in (C), sampling time points in S1 and S2 are colored blue, those in S3 are colored purple, and those in S4 are colored green; in (E), sampling time points in S1 and S2 are colored blue and those in S3 and S4 are colored purple.


We also investigated the fungal diversity [based on partial internal transcribed spacer 1 (ITS) sequences] in the two giant panda cubs. Overall, the fungal abundance, reflected in Sobs and the Chao index, increased in both cubs overall during the period of dietary change, as shown in Supplementary Figure S3, but some fluctuations were observed around 1.5 years of age (P < 0.05 on Welch’s t-test; Supplementary Figure S4). The fungal Shannon’s index of the giant panda cubs also varied around 1.5 years of age, and a decreasing trend indicated reduced heterogeneity in the fungal community (P < 0.05 on Welch’s t-test; Supplementary Figure S4), which was exactly opposite the variation detected with Sobs and Simpson’s index (Supplementary Figure S3). The fungal Shannon’s and Simpson’s indices gradually recovered after 2 years of age. We compared the fungal diversity in the two individuals, which did not differ significantly when the cubs ate a stable formula diet.

However, large difference of fungal components among all the samples from the different sampling periods were detected with PCoA and Adonis analyses based on the Bray–Curtis dissimilarity values (P < 0.05; Figure 2D and Supplementary Figure S5). The distances in the hierarchical clustering based on the Bray–Curtis values (group average) were greatest around 1 and 1.5 years of age (Figure 2E). This indicates that the fungal population structure of the two cubs varied continuously until they were 2 years old, which is consistent with the findings of the fungal α-diversity analysis. The gut fungal components of the giant panda cubs were similar during the periods when they started to eat bamboo and when they mainly ate bamboo, as shown in Figure 2E.



Succession of Gut Microbial Composition and Structure in Giant Panda Cubs During Dietary Change

After each sample was analyzed with homogenization to an equal sequencing depth (50,427 effective reads per bacterial sample and 54,767 effective reads per fungal sample) and clustered, 844 and 1972 OTUs (at 97% identity) were identified, respectively. At the bacterial phylum level in both cubs, Firmicutes and Proteobacteria were the main phyla in almost 95% of all samples, followed by Bacteroidetes and Actinobacteria (Supplementary Figure S6). Phylogenetic maximum-likelihood (ML) trees showed that Clostridium_sensu_stricto_1, Streptococcus, Turicibacter, Lactobacillus, and Terrisporobacter, which belong to Firmicutes, and Escherichia–Shigella, which belongs to Proteobacteria, were the dominant genera in the giant panda cubs (Figure 3 and Supplementary Figure S7).
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FIGURE 3. Bar-plot analysis of bacterial communities in panda cubs during their growth and dietary changes. (A,B) Bar-plot analysis of bacterial communities in BanBan and YueYue (other non-dominant taxa, with abundance <1%, were combined), respectively. Different colors represent different taxa at the genus level, and lengths are proportional to the abundance of the genus.


Lactobacillus and Escherichia–Shigella were two of the largest populations when the cubs still mainly consumed milk. After the cubs were 1 year old, with bamboo-adaptive training, the percentage of Streptococcus clearly increased and that of Lactobacillus decreased. Streptococcus and Escherichia–Shigella were the two largest taxa at the genus level, and other species, such as Turicibacter, Raoultella, and Enterobacter, gradually increased when the food components became complex. When the two individual cubs were compared, the dominant bacterial components were similar but their percentages were complex and varied, with individual differences at around 1.5–2 years of age (Figure 3).

After the cubs were predominantly consuming bamboo, with no milk, especially at >2 years old, Clostridium accumulated in large quantities, reaching 73% on the high-polysaccharide diet, which might explain the variations in the gut bacterial diversity, as well as the proportions of Terrisporobacter and other non-dominant taxa (<0.01) that increased in the giant panda on a bamboo diet (Figure 3). The dominant Escherichia–Shigella and Streptococcus declined after the cubs reached 2 years old and consumed only bamboo (Figure 3). Other genera, such as Enterobacter and Raoultella, whose populations increased when complex food was consumed, also decreased after the giant pandas moved onto a mainly bamboo diet. Bacterial dominance was very sensitive to variations in the cubs’ diet changed from milk to bamboo, and Escherichia–Shigella and Clostridium were particularly affected.

The gut fungi of both pandas were dominated by Ascomycota and Basidiomycota at the phylum level when analyzed with ITS1 sequences (Supplementary Figure S8). According to the phylogenetic (ML) trees, Shirala, unclassified_Trichomeriaceae, Neoascochyta, and unclassified_Montagulaceae in the phylum Ascomycota and Erythrobasidium in the phylum to Basidiomycota were the dominant genera (Figure 4 and Supplementary Figure S9). The five dominant fungi at the genus level accounted for a stable total proportion of > 50% in the two cubs after 1 year of age, as supplementary food and bamboo increased. The proportions of Shirala, Neoascochyta, unclassified_Montagulaceae, and unclassified_Trichomeriaceae varied significantly (P < 0.05), but not according to any regular characteristic or food preference of the cubs until they were 2 years old. At that time, the dominant populations were evenly distributed again, with no obviously dominant taxon in the gut (Figure 4 and Supplementary Figure S10). This is consistent with the variations in fugal diversity. These results demonstrated that the bacterial population showed a stronger and clearer response to dietary change than the fungal population.


[image: image]

FIGURE 4. Bar-plot analysis of fungal communities in panda cubs during their growth and dietary changes. (A,B) Bar-plot analysis of fungal communities in BanBan and YueYue (others non-dominant taxa, with abundance <5%, were combined), respectively. Different colors represent different taxa at the genus level, and lengths are proportional to the abundance of the genus.




Gut Microbial Functions in Polysaccharide Metabolism of Giant Panda During Dietary Change

We also analyzed the functions of the gut bacteria and fungi by predicting the genes that were mainly involved in the polysaccharide metabolism of the giant panda cubs. Enzymatic activities were predicted with PICRUSt 2 based on KEGG database. Endoglucanase (EC 3.2.1.4) was associated with cellulose degradation in the gut bacterial genome. The frequency of predicted genes encoding endoglucanase (EC 3.2.1.4) fluctuated during the dietary shift process, but with a greater frequency than was observed in fungi. Unexpectedly, the predicted genes of putative microbial cellulases had existed in microbiome when the pandas ate supplementary foods, such as bamboo shoots (in S1) and coarse pastry (in S2).

We predicted that the frequency of genes encoding endo1,4-β-xylanase (EC3.2.1.8), a key enzyme in hemicellulose degradation would be at least 10 times less in the giant panda cubs than that of endoglucanase (EC 3.2.1.4). Only β-D-xylosidase (EC 3.2.1.37), α-D-glucuronidase (EC 3.2.1.55), and ferulic acid esterase (EC 3.1.1.73) act in the hemicellulose-based hydrolase system (Zhang et al., 2019), and among these, genes encoding β-D-xylosidase (EC 3.2.1.37), a secondary key enzyme in hemicellulose degradation, was with more frequency in the cubs’ gut bacteria. The frequency of α-amylase (EC 3.2.1.1) gene was four times more than the cellulases gene in the panda microbiome (Figure 5 and Supplementary Tables S3, S4).


[image: image]

FIGURE 5. Genes encoding polysaccharide (starch, hemicellulose, and cellulose)-metabolizing enzymes were analyzed with functional prediction and metagenomic sequencing. Bacterial genes mainly encoding the polysaccharide-metabolizing enzymes cellulase [EC 3.2.1.4 (A)], hemicellulase [EC3.2.1.37 (B)], and α-amylase [EC3.2.1.1 (C)] were inferred based on 16S rRNA sequences and were predicted with PICRUSt 2, and the fungal genes encoding the polysaccharide-metabolizing enzymes cellulase [EC 3.2.1.4 (D)] and hemicellulase [EC3.2.1.8 (E)] were inferred based on ITS sequences and predicted with PICRUSt 2. Colored points represent samples from different stages of dietary change. Blue points represent samples from stage 1 and stage 2 (formula and bamboo chewing), purple points represent samples from stage 3 (increasing bamboo consumption), and green points represent samples from stage 4 (bamboo diet). Black trend lines indicate the average values for the two cubs and show the changes in the abundances of functional genes. (F) Heatmap of the dominant GHs and CBMs that correspond to cellulase (EC 3.2.1.4) and hemicellulase (EC 3.2.1.8 and 3.2.1.37), based on a metagenomic sequencing analysis and annotated with the CAZy database. Deeper red color indicates higher abundance of the gene; deeper blue color indicates lower abundance of the gene.


Because the functional gene predictions were based on amplified 16S rRNA and ITS microbial sequences and functional genera, they might have overestimated the actual distribution of functional genes in microbial genome. Therefore, we used metagenomic sequencing to verify the predicted activities of polysaccharide-metabolizing enzymes in the gut microbiomes of the giant panda cubs. Raw data (>10 Gb) were obtained from each sample. After the data were filtered and assembled, the average number of contigs per sample was 195,644, the average genome size was 150,702,282 bp, and the average N50 was 1,208 bp. The sequences were merged with ORF prediction and any redundancy was removed. The number of genes in the NR gene set was 724,019, with a total length of 358,038,903 bp. All NR genes were annotated in KEGG and CAZy databases.

The gut microbial genomes of the giant panda cubs already included endoglucanase (EC3.2.1.4) genes before they began to consume bamboo (S1), corresponding to GH members of GH5, GH5_25, and GH74, and their abundance increased slightly in general after the panda cubs ate a bamboo diet (S3 and S4), corresponding to GH5_2, GH8, and GH9. The abundance of β-glucosidase (EC 3.2.1.21) genes was also high in the panda cubs, corresponding to GH1 and GH3, but no cellobiohydrolase (EC3.2.1.91) genes were detected. However, genes encoding GH94, a cellobiose phosphorylase, were abundant in the gut microbial genomes; thus, microbes might have been present that could produce cellobiose with other types of exocellulases (Figure 5 and Supplementary Tables S3, S4). A metabolic pathway for cellulose degradation can be achieved with these enzymes mentioned above (Supplementary Figure S11).

The endo1,4-β-xylanase (EC3.2.1.8) genes were rare in the gut microbial genome, and only genes encoding β-D-xylosidase (EC 3.2.1.37) and α-D-glucuronidase (EC 3.2.1.55) were involved in hemicellulose degradation. The corresponding CAZy GHs were GH5, GH8, GH10, GH30, GH43, and GH51. However, the more abundant genes encoding β-D-xylosidase (EC 3.2.1.37) reduced in S3 and S4, with lower abundances than cellulase genes. The α-amylase (EC3.2.1.1) genes, corresponding in CAZy to GH13 and its subfamily, were about four times more abundant than genes annotated to cellulases and hemicellulases, but gradually decreased with bamboo consumption (bamboo:coarse pastry = 20:1, 0% starch in the bamboo and 41% in the coarse pastry; Table 1, Figure 5, and Supplementary Tables S5, S6).

These results suggested that microbial cellulose metabolism has more active potential than microbial hemicellulose metabolism, especially in bacteria, which were better able than fungi to provide abundant cellulose-metabolizing genes when the panda cubs increased their consumption of bamboo. The abundance of microbial amylase genes decreased as the proportion of starch in the cubs’ food decreased; thus, it was not a potentially useful polysaccharide metabolized by gut microbes for panda, although it could be directly metabolized by the panda itself.



Identification of the Contributors of Genes Involved in Cellulose and Hemicellulose Metabolism in Giant Panda Cubs

We analyzed the correlations between almost all the functional bacterial populations in the giant panda cubs and the polysaccharide-metabolizing genes in the gut microbial genome. Proteobacteria and Firmicutes accounted for the largest proportions of the microbial population associated with polysaccharide metabolism, together including more than 44 genera and 112 species. Among these, Enterobacter, Escherichia, and Paenibacillus were the predominant genera participating in cellulose metabolism (Supplementary Figure S12 and Supplementary Tables S7, S8).

Escherichia (E. coli), Shigella (S. sonnei), Enterobacter (unclassified_f_Enterobacteriaceae), and Clostridium (C. butyricum) were the predominant species providing endoglucanase (EC.3.2.1.4) genes in the panda cub guts in S1. Clostridium (C. butyricum) and Enterobacter (such as unclassified_f_Enterobacteriaceae) were the dominant contributors to cellulose-metabolizing genes, corresponding to GH members GH5_25 and GH8, together with Enterobacter (Ent. asburiae), which was both a predominant species in the bacterial community and a major contributor to endoglucanase genes. When the panda cubs increased their consumption of bamboo in S3 and S4, Escherichia (E. coli) and Enterobacter (unclassified_f_Enterobacteriaceae) were the dominant contributors to cellulose-metabolizing genes, together with Paenibacillus (P. elgii) and Klebsiella (K. variicola) in S3 and Lachnoclostridium (L. phytofermentans) and Escherichia (Escherichia. sp. TW09276) in S4, corresponding to GH members GH5_2, GH8, and GH9. However, although most of these taxa were active potential contributors to cellulose metabolism, they were not predominant species in the panda cubs, so cellulose metabolism was probably still inefficient when the cubs consumed a complex diet, and the bacterial cellulose-metabolizing structure was unstable. The dominant populations mainly provided GH8. Other putative cellulases genes, such as those encoding GH5, were ascribed to Cellulosilyticum, Lachnoclostridium, Clostridium, and Paenibacillus and present at low levels; GH9 was contributed by Klebsiella, mainly in S3 and S4 (Supplementary Table S7).

Although GH5, GH8, GH43, GH51, GH10, GH11, and GH30 are annotated as endo1,4-β-xylanase (EC 3.2.1.8) in the CAZy database, the endo1,4-β-xylanase genes in the gut microbial genomes of the panda cubs only corresponded to genes of GH10 and GH11, which were provided by Clostridium (C. disporicum) and Lactococcus (L. lactis) and present at low levels. Moreover, the abundance of genes encoding β-D-xylosidase (EC 3.2.1.37), which corresponded to GH43_11 and GH43_12 and was mainly contributed by C. disporicum, L. lactis and Lactobacillus (Lac. mucosae), and Streptococcus (Str. pasteurianus), decreased on a bamboo diet (Supplementary Tables S7, S8).

In the microbe correlation grid based on the Spearman’s correlation analysis, almost all the dominant contributors to cellulose- and hemicellulose-metabolizing genes were involved with diverse interactions (Figure 6). Generally, positive correlations between species were more frequently detected during the dietary shift process. In particular, the interactions among different microbial species were more complex and stronger when the pandas ate a complex diet and increased their bamboo consumption (S3 and S4) than in the earlier stages. These included interactions between P. elgii and Cellulosilyticum (C. lentocellum) and between Enterobacter (unclassified_f_Enterobacteriaceae) and K. variicola. Moreover, when the giant panda cubs ate a bamboo diet, potentially cellulose-metabolizing species correlated positively with hemicellulose-metabolizing species, such as P. elgii and Clostridium (Clostridium sp. JCC), and Leuconostoc (L. lactis) and Hafnia (H. alvei).
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FIGURE 6. Microbial interaction grid for cellulose and hemicellulose degradation based on Spearman’s correlation analysis. Almost all the dominant bacterial genera (species) involved in cellulose and hemicellulose degradation are included in this grid; the same species have the same color. The sizes of the nodes represent the abundance of the species: the greater the abundance, the larger the node. The color of the connecting line indicates a positive or negative correlation: red indicates a positive correlation between species and functions, and green indicates a negative correlation between species and functions. The thickness of the line indicates the magnitude of the correlation coefficient: a thicker line indicates a stronger correlation. The more lines, the closer the relationships between this species/function and other species/functions.


Therefore, cellulose was hopefully the main bamboo polysaccharide used by the cubs, considering the complex metabolizing strategies of the gut microbes. The potentially cellulose-metabolizing bacterial species and their functional genes changed as the cubs’ diet changed, and microbial interactions were positive to deal with complex lignocellulose in bamboo.



DISCUSSION


Succession of Gut Microbial Diversity and Structure During Bamboo Adaptation by Giant Panda Cubs

In this study, we monitored twin panda cubs living together; to avoid individual differences, we did not design food-controlled feeding trials (with different individuals) but demonstrated the diversity and predominant taxa in the intestinal microbial communities in twin cubs by evenly sampling every 1–3 months from 10 to 28 months of age during the dietary changes. The gut microbial population structure clearly varied in that period and allowed the pandas’ growth to be divided into three stages: 10 months to 1.5 years old, 1.5–2 years old, and after 2 years old. Although the panda cubs were trained to eat bamboo after 1 year of age, they mainly played with biting it first. The increase in bacterial and fungal richness in the two pandas were associated with food supplementation (Kieckhven and Wolf, 2016; Stephens et al., 2016; Williams et al., 2018; Guevarra et al., 2019). We continuously monitored the marked fluctuation of bacterial diversity and relative abundances after the pandas were 1.5 years old and the bacterial community stabilized when pandas had adapted to a specialized bamboo diet after they were 2 years old, differing from those of Zhang et al. (2018). That research group has reported recently that the intestinal microbial structure of giant panda cubs stabilized after they were 1 year old by investigating the fecal microbes in different individuals on bamboo diet or not. Therefore, we infer that the intestinal microbial structure is closely related to the composition of the diet, and is not simply dependent on the animal’s age.

At the phylum level, the dominant bacteria in the giant panda gut were Firmicutes and Proteobacteria, and the dominant fungi were Ascomycota and Basidiomycota (Guo et al., 2019). Among them, Bacteroides, a phylum that is a major source of polysaccharide-metabolizing bacterial taxa (McNulty et al., 2013; Zhu et al., 2018), but is scarce in the intestine of panda. Previous studies have shown that many members of Bacteroides could effectively degrade lignocellulose in the herbivore intestine not in the carnivore intestine (Yang et al., 2018). They may also be more adaptable to consume dietary fiber, such as grain, rather than the complex lignocellulose found in bamboo (McNulty et al., 2013). We will focus on this question in future studies. Enterobacter, Escherichia–Shigella, and Lactobacillus were the dominant bacterial genera in early life (Zhang et al., 2018). These populations prefer to colonize carnivore intestines and subsist on oligosaccharides, fats, amino acids, and their derivatives in cubs’ food (Varrone et al., 2013; Kong et al., 2018; Li et al., 2019), and are associated with many important energy metabolism pathways (Guo M. et al., 2018); in particular, Lactobacillus is a probiotic genus in early growth of mammals (Williams et al., 2013). The relative proportion of Streptococcus increased in the cub guts after the age of 1 year when consuming the products of fibrous metabolism (Xue et al., 2015; Wang et al., 2016) in supplementary foods. However, the predominant Escherichia–Shigella and Streptococcus decreased as the low-energy-consumption members continued to increase and on which the high cellulose in bamboo had less impact, including Clostridium and Turicibacter (Williams et al., 2013; Song et al., 2017; Tang et al., 2019) especially after the pandas were 2 years old. Therefore, we infer that forming an energy-saving dominant microbial structure may be one of the most important strategies for panda and their microbes to adapt to a bamboo diet at this time.

Both cubs had similar fungal diversity after they began to consume bamboo, and the proportions of the dominant taxa remained large between 1.5 and 2 years old. Therefore, fungi are probably ingested into the gut and are influenced by dietary change. Shirala is only present in bamboo, as Lin et al. (2008) reported that Shirala preferentially lives on bamboo and proliferates in spring more than in the other seasons, and our research found that the relative proportion of Shirala were greatest in spring (May 2018). The other dominant genera, such as Neoascochyta and Erythrobasidium, were also generally from plant sources (Wang and Bai, 2004). Unlike the fluctuations in bacterial diversity and richness, the fungal population structure in the 2-year-old giant pandas on a bamboo diet was very similar to that observed when they first began to consume bamboo, with no obvious predominant taxa. The food components in both periods were relatively simple. This stability may be a protective mechanism to control the proportions of dominant fungi present in a nutrient-poor intestine, to prevent pathogen proliferation. Whether fungi positively or negatively affect the use of bamboo by the giant panda in the complex dietary stage warrants further investigation. However, we found no obvious association between the succession of dominant fungi in the giant panda cubs and their adaptation to nutrient utilization (Gonzalo et al., 2016; Zhang et al., 2018). Fungi are the main lignocellulose degraders (Brink and Vries, 2011). Aspergillus, Penicillium, and Trichoderma are genera that effectively break down lignocellulosic composites (Carvalho et al., 2013; Gaurav et al., 2017), and white-rot fungi are equipped with a rich suite of extracellular oxidative enzymes to attack and degrade lignin better than bacteria (Gonzalo et al., 2016). However, these fungal taxa were rarely present in the giant panda cubs’ guts.



Contribution of Gut Bacteria to Polysaccharide Metabolism by Providing Functional Genes in Giant Panda Cubs

The nutritional composition of the cubs’ food varied during the period of dietary change. Polysaccharides were present in large amounts, stored in bamboo as cellulose (40–50%) and hemicellulose (10–30%). According to our functional gene prediction and metagenomic sequence analysis, the potentially microbial metabolism related to cellulose degradation was more common than hemicellulose degradation in the giant panda cubs during their dietary shift. The endoglucanase (EC 3.2.1.4) and β-glucosidase (EC 3.2.1.21) genes generally increased as their hosts increase bamboo consumption. These are the key enzymes in the metabolic pathway of cellulose degradation and correspond to CAZy members GH1, GH3, GH5, GH8, and GH9 [The carbohydrate-active enzyme (CAZy), 2020]. Although we detected no cellobiosidase (EC3.2.1.91) genes in the twin panda cubs (Yang et al., 2018), genes encoding cellobiose phosphorylase (GH94) increased in the gut microbial genome. Therefore, the capacity of the giant panda to degrade the cellulose in bamboo is potentially active, attributed to the enzyme gene groups of its gut microbes.

Actually, we only detected the GH10 gene in the two panda cubs, encoding endo1,4-β-xylanase (EC 3.2.1.8), with more than 10 times fewer genes than endoglucanase (EC3.2.1.4), and the GH43 subfamily genes, encoding xylan 1,4-beta-xylosidase (EC3.2.1.37), and these genes decreased with increased bamboo consumption. Zhang et al. (2018), have revealed that the genes encoding GH1, GH4, GH8, and GH31 were involved in hemicellulose degradation. However, based on different individuals, with different sampling, and under different experimental conditions and analytical methods, these differences can seriously affect the gut bacterial genome, which is addressed in the rationale of our experimental design.

Considering that bacteria could provide more polysaccharide-metabolizing genes than fungi, and no potential polysaccharide-degrading fungi were detected in the giant panda cubs, as discussed above, we infer that bacteria are the most important contributors to the metabolism of the polysaccharides in bamboo. Interestingly, the type and abundance of cellulose-metabolizing genes in the pandas varied with the dietary shift, and the corresponding members of the GHs were provided by different bacterial species (Zhu et al., 2011; Guo W. et al., 2018). GH5_25 genes mainly appeared in the gut bacterial genome of the panda cubs before they began to consume a bamboo diet, and it was provided by C. butyricum. Bifidobacterium was also detected at that time, providing GH5_4 genes. Both of them may degrade fermentable fiber substrates in the panda (Williams et al., 2013; Xia et al., 2014) by expressing GH5 (Wierzbicka-Wo et al., 2019). When the cubs consumed supplementary foods and bamboo, only GH5_2 genes produced by Paenibacillus was still abundant in the gut microbes, which is a special GH5 subfamily with high activity and stable structure (Ma et al., 2020). Enterobacteriaceae, Escherichia, and other taxa increased genes encoding GH8 and GH9. It is unexpected that the E. coli providing GH8 may become a main contributor of putative cellulase (EC 3.2.1.4) in cubs. Actually, as generally considered, the E. coli cannot degrade cellulose, and more than 75% of the endoglucanases from GH8 produced by bacterial taxa such as E. coli at Proteobacteria are as a component of the bacterial cellulose synthesis (bcs) system (Berlemont and Martiny, 2013), but interestingly, most of them are potentially required to correct packing of cellulose microfibrils (Mazur and Zimmer, 2011); that is, GH8 may retain its activity of endoglucanase to cello-oligosaccharides in the bcs system (Scapin et al., 2017). Under the product enrichment conditions, such as microfibril-like structured cellulose, GH8 will be secreted extracellularly, and out of the bcs system, it can hydrolyze soluble cellulose and cello-oligosaccharides in the environment (Pang et al., 2019), and structure-specific GH8 subfamily can directly hydrolyze amorphous CMC and crystalline cellulose (Attigani et al., 2016). In this special environment with large amount of bamboo fiber and complex microbial interaction, how the bacterial endoglucanases from GH8 participate in cellulose metabolism is attractive for further research. GH9 is more specific for complex cellulose polymer degradation (Vita et al., 2019), potentially coupled with other GHs such as GH5, GH8, and GH48 in cellulosomes for the degradation of complex lignocellulose (Xu et al., 2013).

However, only those contributors that also provide genes encoding β-glucosidase (GH1 or GH3) can be the potential cellulose degraders (Berlemont and Martiny, 2013). The dominant potential cellulose degrader in panda included C. butyricum (providing GH1 and GH5 genes), whereas species such as Bifidobacterium and Paenibacillus only contained GH5 genes, so they might not degrade cellulose completely and relied on other microorganisms. Other dominant populations such as unclassified_f_Enterobacteriaceae and Ent. Asburiae contained GH8 and GH1 genes; however, whether they can be the cellulose degraders rely on the function of GH8 as mentioned above. There were also some non-dominant species that could be regarded as potential cellulose degraders by providing GH1, GH3, GH5, and GH9 genes, such as Cedecea (Ced. davisae and Ced. neteri) and Klebsiella (K. pneumonia and K. variicola), when panda cubs ate bamboo diet. In general, as the succession of contributors and potential degraders related to cellulose metabolism, the enzyme gene group for bamboo cellulose metabolism may be gradually developed in gut microbiome of giant panda. Those genes encoding endoglucanase (EC3.2.1.4) were mainly provided by species in Clostridiaceae, Enterobacteriaceae, Lachnospiraceae, and Paenibacillaceae, and genes encoding β-glucosidase (EC 3.2.1.21) were mainly provided by species in Enterobacteriaceae, Clostridiaceae, Lachnospiraceae, and Erysipelotrichaceae. Combining the correlation between cellulose metabolism pathway and potentially functional species, we consider that few species providing genes of endoglucanase such as GH5 and GH9 may be a main limiting factor for cellulose digestion in panda, which also need further exploration. However, we found that there were fewer and simpler species related to hemicellulose metabolism in the panda cubs, and they were mainly included in C. disporicum and L. lactis.

Actually, the potential for degrading the cellulose and hemicellulose in bamboo are both weak in the giant panda. As for the actual abilities of pandas to degrade bamboo polysaccharides, further analysis needs to be combined with expression of functional gene, substrate digestibility, and so on. Other food components, such as proteins, amino acid, starches, and other saccharides, are also used by the panda, but are not strictly digested by the gut microbes. For instance, starch consumption increased during the growth of the cubs, whereas the number of microbial α-amylase genes declined with the reducing proportion of starch in food. Large proportions of lignocellulose in food might potentially weaken the α-amylase activity of microbes; besides, microbial glycoside hydrolase is usually active in intracellular metabolism (Manohar et al., 2017; Chen et al., 2019). Therefore, absorbing those nutrients, such as starch, proteins, amino acids, and other saccharides, that occur in low relative proportions in the panda cubs’ bamboo diet may mainly rely on host enzymes, although we did not investigate these enzymes in this study.

Regardless of how difficult it is for the panda to degrade the lignocellulose in a bamboo diet, as described above, microbial interactions correlated positively with cellulose metabolism and the dietary shift. In this study, we detected strong positive correlations between functional species related to cellulose metabolism. Furthermore, the interactions among different species were more complex and stronger when the pandas consumed a complex diet that included bamboo and supplementary foods (Makki et al., 2018; ZinÖcker and Lindseth, 2018). Moreover, when the giant panda cubs consumed a bamboo diet, positive interactions were detected between specific species related to cellulose- and hemicellulose-metabolizing, such as P. elgii and Clostridium sp. JCC, and L. lactis and H. alvei. Therefore, the distribution and activation of polysaccharide-metabolizing genes in the gut microbiome also rely on the microbial interactions in the panda gut.



CONCLUSION

Based on the results reported above, we conclude that (i) the gut microbial structure changes during the dietary shift, and that the dominant microbial community develops in giant panda cubs after the age of 2 years; (ii) gut bacteria are the main sources of cellulolytic genes in giant panda cubs, whereas hemicellulose is used negligibly by these gut microbes; (iii) cellulose degradation relies on complex metabolizing strategies: the types and abundances of cellulose-metabolizing species and functional genes vary with dietary shifts, and the potential cellulose degraders belong to Clostridium, Cedecea, and Klebsiella, providing GH1, 3, 5, and 9 genes; gut microbial interactions also have a very positive link with polysaccharide degradation. In general, those functional species are not the predominant taxa in the panda cub, so utilization of bamboo polysaccharides may still be weak in the panda. Of course, it will be necessary to further explore the actual expression of the functional microbial genes and to explain the microbial mechanism of bamboo cellulose metabolism such as GH8 in the panda.



DATA AVAILABILITY STATEMENT

The datasets generated for this study can be found in the NCBI, PRJNA626529.



AUTHOR CONTRIBUTIONS

MZ, LW, CXi, XF, SZ, AW, YZ, CXu, and HZ performed the material preparation, data collection, and analysis. MZ wrote the first draft of the manuscript. LW revised the manuscript critically. All authors contributed to the study conception and design, commented on previous versions of the manuscript, and read and approved the final manuscript.



FUNDING

This study was supported by the Shanghai Science and Technology Commission Key Scientific and Technological Research Projects (Grant No. 16dz1205903), the Scientific and Technological Project of Shanghai Landscaping and City Appearance Administrative Bureau (GZ190401), the National Natural Science Foundation of China (Grant No. 21876127), and the Giant Panda International Cooperation Project of National Forestry and Grassland Administration of China (GH201707).



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fmicb.2020.551038/full#supplementary-material

Supplementary Data Sheet 2 |The KEGG and CAZy annotations of gut functional microbes in giant panda.

Supplementary Data Sheet 3 |Overview at CAZy family of gut microbes in giant panda.


FOOTNOTES

1
https://ccb.jhu.edu/software/FLASH/index.shtml

2
http://drive5.com/uparse/

3
www.illumina.com

4
www.majorbio.com

5
https://github.com/OpenGene/fastp

6
https://github.com/voutcn/megahit

7
http://metagene.cb.k.u-tokyo.ac.jp/

8
http://www.bioinformatics.org/cd-hit/

9
http://soap.genomics.org.cn/

10
http://www.diamondsearch.org/index.php

11
http://hmmer.janelia.org/search/hmmscan

REFERENCES

Anand, A. A., Chattopadhyay, B., and Kandula, S. (2012). Isolation and characterization of cellulose-degrading and xylanolytic bacteria from the short-nosed fruit bat Cynopterus sphinx. Acta Chiropterol. 14, 233–239.

Attigani, A., Sun, L., Wang, Q., Liu, Y., Bai, D., Li, S., et al. (2016). The crystal structure of the endoglucanase Cel10, a family 8 glycosyl hydrolase from Klebsiella pneumoniae. Acta Crystallogr. Sect. F Struct. Biol. Commun. 72, 870–876.

Berlemont, R., and Martiny, A. C. (2013). Phylogenetic distribution of potential cellulases in bacteria. Appl. Environ. Microbiol. 79, 1545–1554. doi: 10.1128/aem.03305-12

Berlemont, R., Winans, N., Talamantes, D., Dang, H., and Tsai, H.-W. (2020). MetaGeneHunt for protein domain annotation in short-read metagenomes. Sci. Rep. 10:7712. doi: 10.1038/s41598-020-63775-1

Bhat, I. U., Mustafa, M. T., Mohmod, A. L., and Abdul Khalil, H. P. S. (2011). Specteroscopic, thermal, and anatomical characterization of cultivated of cultivated bamboo (Gigantochloa spp.). Bioresources 6, 1752–1763.

Brink, J. V., and Vries, R. P. (2011). Fungal enzyme sets for plant polysaccharide degradation. Appl. Microbiol. Biotechnol. 91, 1477–1492. doi: 10.1007/s00253-011-3473-2

Buchfink, B., Xie, C., and Huson, D. (2015). H. Fast and sensitive protein alignment using DIAMOND. Nat. Methods 12, 59–60. doi: 10.1038/nmeth.3176

Carvalho, A. F., Neto, P. D., Da Silva, D. F., and Pastore, G. M. (2013). Xylo-oligosaccharides from lignocellulosic materials: chemical structure, health benefits and production by chemical and enzymatic hydrolysis. Food Res. Intern. 51, 75–85. doi: 10.1016/j.foodres.2012.11.021

Chen, S., Zhou, Y., Chen, Y., and Gu, J. (2018). Fastp: an ultra-fast all-in-one FASTQ preprocessor. Bioinformatics 34, i884–i890. doi: 10.1093/bioinformatics/bty560

Chen, X. L., Lu, Z. L., Wu, R. Z., Liang, Q., and Qi, Q. (2019). Construction of cellulase producing Escherichia coli engineered bacterium and its expression of cellulase. Genom. Appl. Biol. 38, 2620–2626.

Du, C. M., Nan, X. M., Wang, K., Zhao, Y. G., and Xiong, B. H. (2019). Evaluation of the digestibility of steam-exploded wheat straw by ruminal fermentation, sugar yield and microbial structure in vitro. RSC Adv. 9, 41775–41782. doi: 10.1039/c9ra08167d

Edgar, R. C., Haas, B. J., Clemente, J. C., Quince, C., and Knight, R. (2011). UCHIME improves sensitivity and speed of chimera detection. Bioinformatics 27, 2194–2200. doi: 10.1093/bioinformatics/btr381

Fu, L., Niu, B., Zhu, Z., Wu, S., and Li, W. (2012). CD-HIT: accelerated for clustering the next-generation sequencing data. Bioinformatics 28, 3150–3152. doi: 10.1093/bioinformatics/bts565

Gaurav, N., Sivasankari, S., Kiran, G. S., Ninawe, A., and Selvin, J. (2017). Utilization of bioresources for sustainable biofuels: a review. Renew. Sustain. Energy Rev. 73, 205–214. doi: 10.1016/j.rser.2017.01.070

Gonzalo, G., Colpa, I. D., Habib, M. H., and Fraaije, M. W. (2016). Bacterial enzymes involved in lignin degradation. J. Biotechnol. 236, 110–119. doi: 10.1016/j.jbiotec.2016.08.011

Guevarra, R. B., Lee, J. H., Lee, S. H., Seok, M.-J., Kim, D. W., Kang, B. N., et al. (2019). Piglet gut microbial shifts early in life: causes and effects. J. Anim. Sci. Biotechnol. 10:1. doi: 10.1186/s40104-018-0308-3

Guo, M., Chen, J. W., Li, Q. F., Fu, Y., Fan, G. Y., Ma, J. M., et al. (2018). Dynamics of gut microbiome in giant panda cubs reveal transitional microbes and pathways in early life. Front. Microbiol. 9:3138. doi: 10.3389/fmicb.2018.03138

Guo, W., Mishra, S., Zhao, J. C., Tang, J. S., Zeng, B., Kong, F. L., et al. (2018). Metagenomic study suggests that the gut microbiota of the giant panda (Ailuropoda melanoleuca) may not be specialized for fiber fermentation. Front. Microbiol. 9:229. doi: 10.3389/fmicb.2018.00229

Guo, W., Mishra, S., Wang, C. D., Zhang, H., Ning, R., Kong, F., et al. (2019). Comparative study of gut microbiota in wild and captive giant pandas (Ailuropoda melanoleuca). Genes 10:827. doi: 10.3390/genes10100827

Hess, M., Sczyrba, A., Egan, R., Kim, T. W., Chokhawala, H., Schroth, G., et al. (2011). Metagenomic discovery of biomass-degrading genes and genomes from cow rumen. Science 331, 463–467. doi: 10.1126/science.1200387

Hu, Y. B., Wu, Q., Ma, S., Ma, T., Shan, L., Wang, X., et al. (2017). Comparative genomics reveals convergent evolution between the bamboo-eating giant and red pandas. Proc. Natl. Acad. Sci. U.S.A. 114, 1081–1086. doi: 10.1073/pnas.1613870114

Kieckhven, S., and Wolf, P. (2016). Investigations on the intestinal microbiome in rabbits - a review. Zuchtungskunde 88, 208–215.

Kong, C., Gao, R. Y., Yan, X. B., Huang, L. S., and Qin, H. L. (2018). Probiotics improve gut microbiota dysbiosis in obese mice fed a high-fat or high-sucrose diet. Nutrition 10:2. doi: 10.1016/j.nut.2018.10.002

Li, D., Liu, C. M., Luo, R., Sadakane, K., and Lam, T. W. (2015). MEGAHIT: an ultra-fast single-node solution for large and complex metagenomics assembly via succinct de Bruijn graph. Bioinformatics 31, 1674–1676. doi: 10.1093/bioinformatics/btv033

Li, Q., Tao, Q. Y., Teixeira, J. S., Su, W., and Gänzle, M. G. (2019). Contribution of glutaminases to glutamine metabolism and acid resistance in Lactobacillus reuteri and other vertebrate host adapted lactobacilli. Food Microbiol. 86:103343. doi: 10.1016/j.fm.2019.103343

Li, R., Fan, W., Tian, G., Zhu, H., He, L., and Cai, J. (2010). The sequence and de novo assembly of the giant panda genome. Nature 46:311.

Li, R., Li, Y., Kristiansen, K., and Wang, J. (2008). SOAP: short oligonucleotide alignment program. Bioinformatics 24, 713–714. doi: 10.1093/bioinformatics/btn025

Lin, H. P., Huang, X. B., Mao, S. F., and Zhang, X. (2008). Study on biological characters of wild Shirala. Chin. Tradit. Herbal Drugs 39, 1407–1409.

Liu, J. G., Liu, Z. Y., Liu, Y. C., Hao, M., and Hou, X. Z. (2019). Analysis of cellulolytic bacterial flora in the rumen of inner mongolian sheep. Bioresources 14, 9544–9556.

Luo, C., Li, Y., Chen, Y., Fu, C., Long, W. C., Xiao, X. M., et al. (2019). Bamboo lignocellulose degradation by gut symbiotic microbiota of the bamboo snout beetle Cyrtotrachelus buqueti. Biotechnol. Biofuels 12:70. doi: 10.1186/s13068-019-1411-1

Ma, L. L., Lu, Y. Y., Hong, Y., Xin, W., Yi, Y., Shan, Y., et al. (2020). Screening of cellulolytic bacteria from rotten wood of Qinling (China) for biomass degradation and cloning of cellulases from Bacillus methylotrophicus. BMC Biotechnol. 20:2. doi: 10.1186/s12896-019-0593-8

Magoč, T., and Salzberg, S. L. (2011). FLASH: fast length adjustment of short reads to improve genome assemblies. Bioinformatics 27, 2957–2963. doi: 10.1093/bioinformatics/btr507

Makki, K., Deehan, E. C., Walter, J., and BAckhed, F. (2018). The impact of dietary fiber on gut microbiota in host health and disease. Cell Host Microb. 23, 705–715. doi: 10.1016/j.chom.2018.05.012

Manohar, P., Gothandam, K. M., Kannan, V. R., Shanthini, T., and Ramesh, N. (2017). Enhanced amylolytic activity of intracellular alpha-amylase produced by Bacilluls Tequilensis. J. Microbiol. Biotechnol. Food Sci. 6, 1314–1318. doi: 10.15414/jmbfs.2017.6.6.1314-1318

Mazur, O., and Zimmer, J. (2011). Apo- and cellopentaose-bound structures of the bacterial cellulose synthase subunit BcsZ. J. Biol. Chem. 286, 17601–17606. doi: 10.1074/jbc.m111.227660

Mckenney, E. A., Maslanka, M., Rodrigo, A., and Yoder, A. D. (2017). Bamboo specialists from two mammalian orders (Primates, Carnivora) share a high number of low-abundance gut microbes. Microb. Ecol. 76, 1–13. doi: 10.1080/19490976.2018.1441663

McNulty, N. P., Wu, M., Erickson, A. R., Pan, C. L., Erichson, B. K., Martens, E. C., et al. (2013). Effects of diet on resource utilization by a model human gut microbiota containing Bacteroides cellulosilyticus WH2, a symbiont with an extensive glycobiome. PLoS One 11:e1001637. doi: 10.1371/journal.pbio.1001637

Mearls, E. B., and Lynd, L. R. (2014). The identification of four histidine kinases that influence sporulation in Clostridium thermocellum. Anaerobe 28, 109–119. doi: 10.1016/j.anaerobe.2014.06.004

Neumann, A. P., and Suen, A. G. (2018). The phylogenomic diversity of herbivore-associated Fibrobacter spp. is correlated to lignocellulose-degrading potential. mSphere 3:e0593-18. doi: 10.1128/mSphere.00593-18

Noguchi, H., Park, J., and Takagi, T. (2006). MetaGene: prokaryotic gene finding from environmental genome shotgun sequences. Nucleic Acids Res. 34, 5623–5630. doi: 10.1093/nar/gkl723

Pang, J., Wang, J., Liu, Z., Zhang, Q., and Qi, Q. (2019). Identification and characterization of an endoglucanase secreted from cellulolytic Escherichia coli ZH-4. BMC Biotechnol. 19:63. doi: 10.1186/s12896-019-0556-0

Scapin, S. M. N., Souza, F. H. M., Zanphorlin, L. M., de Almeida, T. S., Sade, Y. B., and Cardoda, A. M. (2017). Structure and function of a novel GH8 endoglucanase from the bacterial cellulose synthase complex of Raoultella ornithinolytica. PLoS One 12:e0176550. doi: 10.1371/journal.pone.0176550

Sheikh, G. G., Ganai, A. M., Sheikh, A. A., and Masood, D. (2019). Rumen microflora, fermentation pattern and microbial enzyme activity in sheep fed paddy straw based complete feed fortified with probiotics. Biol. Rhythm Res. 2, 1–12. doi: 10.1080/09291016.2019.1644019

Song, C., Wang, B. C., Tan, J., Zhu, L. C., Lou, D. S., and Can, X. X. (2017). Comparative analysis of the gut microbiota of black bears in China using high-throughput sequencing. Mol. Gen. Gen. 292, 407–414. doi: 10.1007/s00438-016-1282-0

Stephens, W. Z., Burns, A. R., Stagaman, K., Wong, S., Rawls, J. F., Guillemin, K., et al. (2016). The composition of the zebrafish intestinal microbial community varies across development. ISME J. 10, 644–654. doi: 10.1038/ismej.2015.140

Stewart, C. J., Ajami, N. J., O’Brien, J. L., Hutchinson, D. S., Smith, D. P., Wang, M. C., et al. (2018). Temporal development of the gut microbiome in early childhood from the TEDDY study. Natureresearch 562, 583–588. doi: 10.1038/s41586-018-0617-x

Tang, K. Y., Wang, Z. W., Wan, Q. H., and Fang, S. G. (2019). Metagenomics reveals seasonal functional adaptation of the gut microbiome to host feeding and fasting in the Chinese Alligator. Front. Microb. 10:2409. doi: 10.3389/fmicb.2019.02409

The carbohydrate-active enzyme (CAZy) (2020). The Carbohydrate-Active Enzyme (CAZy) Database. Available at: http://www.cazy.org

Varrone, C., Rosa, S., Fiocchetti, F., Giussani, B., Massini, G., Marone, A., et al. (2013). Enrichment of activated sludge for enhanced hydrogen production from crude glycerol. Inter. J. Hydrog. Energy 38, 1319–1331. doi: 10.1016/j.ijhydene.2012.11.069

Vita, N., Borne, R., Stéphanie, P., de Philip, P., and Fierobe, H.-P. (2019). Turning a potent family-9 free cellulase into an operational cellulosomal component and vice versa. FEBS J. 286, 3359–3373. doi: 10.1111/febs.14858

Wang, Q., Garrity, G. M., Tiedje, J. M., and Cole, J. R. (2007). Naive Bayesian classifier for rapid assignment of rRNA sequences into the new bacterial taxonomy. Appl. Environ. Microbiol. 73, 5261–5267. doi: 10.1128/aem.00062-07

Wang, Q. M., and Bai, F. Y. (2004). Four new yeast species of the genus Sporobolomyces from plant leaves. FEMS Yeast. 4, 579–586. doi: 10.1016/j.femsyr.2003.11.002

Wang, W. Y., Li, D. B., Yu, Y. Q., Xing, Y. Y., and Li, Z. J. (2016). Isolation and identification of four strain cellulolytic bacteria in rumen of sheep and cellulose degradation characteristics. Acta Vet. Zootech. Sin. 11, 2294–2300.

Wei, F. W., Fan, H. Z., and Hu, Y. B. (2019). Ailuropoda melanoleuca (giant panda). Trends Genet. 36, 68–69.

Wierzbicka-Wo, A., Henneberger, R., Batista-Garcia, R. A., Martinez-Avila, L., Jackson, S. A., Kennedy, J., et al. (2019). Biochemical characterization of a novel monospecific endo-beta-1,4-glucanase belonging to GH Family 5 from a rhizosphere metagenomic library. Front. Microb. 10:1342. doi: 10.3389/fmicb.2019.01342

Williams, C. L., Dill-Mcfarland, K. A., Sparks, D. L., Kouba, A. J., Willard, S. T., Suen, G., et al. (2018). Dietary changes during weaning shape the gut microbiota of red pandas (Ailurus fulgens). Conserv. Physiol. 6:cox075. doi: 10.1093/conphys/cox075

Williams, C. L., Willard, S., Kouba, A., Sparks, D., Holmes, W., Falcone, J., et al. (2013). Dietary shifts affect the gastrointestinal microflora of the giant panda (Ailuropoda melanoleuca). J. Anim. Physiol. Anim. Nutr. 97, 577–585. doi: 10.1111/j.1439-0396.2012.01299.x

Xia, Y., Wang, Y., Fang, H. H., Jin, T., Zhong, H., and Zhang, T. (2014). Thermophilic microbial cellulose decomposition and methanogenesis pathways recharacterized by metatranscriptomic and metagenomic analysis. Sci. Rep. 4:6708. doi: 10.1038/srep06708

Xu, Q., Ding, S. Y., Brunecky, R., Bomble, Y. J., Himmel, M. E., Baker, J. O., et al. (2013). Improving activity of minicellulosomes by integration of intra- and intermolecular synergies. Biotechnol. Biofuels 6:126. doi: 10.1186/1754-6834-6-126

Xue, Z., Zhang, W., Wang, L., Hou, R., Zhang, M., Fei, L., et al. (2015). The bamboo-eating giant panda harbors a carnivore-like gut microbiota with excessive seasonal variations. mBio 6:e0022-15. doi: 10.1128/mBio.00022-15

Yang, S. Z., Gao, X., Meng, J. H., Zhang, A. Y., Zhou, Y. M., Long, M., et al. (2018). Metagenomic analysis of bacteria, fungi, bacteriophages, and helminths in the gut of giant pandas. Front. Microb. 9:1717. doi: 10.3389/fmicb.2018.01717

Zhang, B., Li, M., Zhang, Z., Goossens, B., Zhu, L., Zhang, S., et al. (2007). Genetic viability and population history of the giant panda, putting an end to the “evolutionary dead end”? Mol. Biol. Evol. 8, 1801–1810. doi: 10.1093/molbev/msm099

Zhang, C. B., Xu, B., Huang, Z. X., and Lu, T. (2019). Metagenomic analysis of the fecal microbiomes of wild Asian elephant reveals microflora and enzymes that mainly digest hemicellulose. J. Microb. Biotechnol. 29, 1255–1265. doi: 10.4014/jmb.1904.04033

Zhang, W. P., Liu, W., Hou, R., Zhang, L., Schmitz-Esser, S., and Sun, H. B. (2018). Age-associated microbiome shows the giant panda lives on hemicelluloses, not on cellulose. ISME J. 12, 1319–1328. doi: 10.1038/s41396-018-0051-y

Zhu, L. F., Wu, Q., Dai, J., Zhang, S., Wei, F., and Wei, F. (2011). Evidence of cellulose metabolism by the giant panda gut microbiome. Proc. Natl. Acad. Sci. U.S.A. 108, 17714–17719. doi: 10.1073/pnas.1017956108

Zhu, L. F., Yang, Z. S., Yao, R., Xu, L., Chen, H., Gu, X., et al. (2018). Potential mechanism of detoxification of cyanide compounds by gut microbiomes of bamboo-eating pandas. mSphere 3:e0229-18. doi: 10.1128/mSphere.00229-18

Zinöcker, M., and Lindseth, I. A. (2018). The western diet–microbiome-host interaction and its role in metabolic disease. Nutrients 10:365. doi: 10.3390/nu10030365


Conflict of Interest: CXi and CXu were employed by the company Shanghai Wild Animal Park Development Co., Ltd.

The remaining authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2020 Zhan, Wang, Xie, Fu, Zhang, Wang, Zhou, Xu and Zhang. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.










	 
	ORIGINAL RESEARCH
published: 19 March 2021
doi: 10.3389/fmicb.2021.543767





[image: image]

Environmental Temperatures Affect the Gastrointestinal Microbes of the Chinese Giant Salamander

Lifeng Zhu1*†, Wei Zhu2†, Tian Zhao2, Hua Chen3, Chunlin Zhao2, Liangliang Xu1, Qing Chang1 and Jianping Jiang2*

1College of Life Science, Nanjing Normal University, Nanjing, China

2Chengdu Institute of Biology, Chinese Academy of Sciences, Chengdu, China

3Mingke Biotechnology Co., Ltd., Hangzhou, China

Edited by:
David William Waite, Ministry for Primary Industries, New Zealand

Reviewed by:
Qiaomu Hu, Key Laboratory of Freshwater Biodiversity Conservation, Ministry of Agriculture, Yangtze River Fisheries Research Institute, China
Xavier A. Harrison, University of Exeter, United Kingdom

*Correspondence: Lifeng Zhu, zhulf2020@126.com; lzhu@unomaha.edu; Jianping Jiang, jiangjp@cib.ac.cn

†These authors have contributed equally to this work

Specialty section: This article was submitted to Microbial Symbioses, a section of the journal Frontiers in Microbiology

Received: 18 March 2020
Accepted: 19 February 2021
Published: 19 March 2021

Citation: Zhu L, Zhu W, Zhao T, Chen H, Zhao C, Xu L, Chang Q and Jiang J (2021) Environmental Temperatures Affect the Gastrointestinal Microbes of the Chinese Giant Salamander. Front. Microbiol. 12:543767. doi: 10.3389/fmicb.2021.543767

An increasing number of studies have shown that warming also influences the animal gut microbiome (altering the community structure and decreasing its diversity), which might further impact host fitness. Here, based on an analysis of the stomach and gut (the entire intestine: from the anterior intestine to the cloaca) microbiome in laboratory larva of giant salamanders (Andrias davidianus) under different living water temperatures (5, 15, and 25°C) at two sample time points (80 and 330 days after the acclimation), we investigated the potential effect of temperature on the gastrointestinal microbiome community. We found the significant Interaction between sampling time and temperature, or type (stomach and gut) on Shannon index in the gastrointestinal microbiome of the giant salamanders. We also found the significant difference in Shannon index among temperature groups within the same sample type (stomach or gut) at each sample time. 10% of variation in microbiome community could be explained by temperature alone in the total samples. Both the stomach and gut microbiomes displayed the highest similarity in the microbiome community (significantly lowest pairwise unweighted Unifrac distance) in the 25-degree group between the two sampling times compared to those in the 5-degree and 15-degree groups. Moreover, the salamanders in the 25°C treatment showed the highest food intake and body mess compared to that of other temperature treatments. A significant increase in the abundance of Firmicutes in the gastrointestinal microbiome on day 330 with increasing temperatures might be caused by increased host metabolism and food consumption. Therefore, we speculate that the high environmental temperature might indirectly affect both alpha and beta diversity of the gastrointestinal microbiome.

Keywords: global warming, gastrointestinal microbiome, longitudinal analysis, alpha and beta diversity, body growth, environmental temperatures


INTRODUCTION

The holobiont (the host plus all of its microbes) can function as a distinct biological system and plays an important role in metabolism, immunity, and development (Margulis and Fester, 1991; Rosenberg and Zilber-Rosenberg, 2018). Climate warming has led to a profound threat to amphibian populations (Beebee and Griffiths, 2005; Pounds et al., 2006; Alford et al., 2007). Three interesting studies have found an effect of environmental temperature on the gut microbial communities of ectothermic amphibians and reptiles. For example, one study revealed that the gut microbial communities of laboratory raised tadpoles of the northern leopard frog (Lithobates pipiens) in warm (28°C) temperature treatments exhibited a higher relative abundance of the phylum Planctomycetes and Actinobacteria and lowered relative abundance of Firmicutes and Proteobacteria than in the cool treatment (18°C) (Kohl and Yahn, 2016). Changes in environmental temperature, and those mediated through changes in host physiology, may result in significant changes in the gut microbial community (Kohl and Yahn, 2016). Furthermore, the gut microbiome in red-backed salamanders housed at three experimental temperatures (10, 15, and 20°C) showed a decrease in microbial diversity among these treatments (Fontaine et al., 2018). A third study found that +2–3°C increase in temperature resulted in a 34% loss of populations’ microbiota diversity (number of OTUs) in the wild ectothermic common lizard Zootoca vivipara (Bestion et al., 2017). Differing environmental temperature have also been correlated with changes in the gut microbiota of other animals, such as the spring field cricket Gryllus veletis (Ferguson et al., 2018), and the Brandt’s voles (Lasiopodomys brandtii) (Zhang et al., 2018). Therefore, understanding the threat to animal biodiversity posed by global warming will require not only studying the animal but also their gastrointestinal microbiome.

The gastric microbiome also plays an important role in host nutrition and health (Hungate, 1966; King et al., 2012; Hollister et al., 2014). Studies on gastrointestinal microbiome will provide more information on the potential effect by environmental factors (e.g., temperature) compared to those using a single type of microbes. The stomach is the link between the esophagus and the beginning of the small intestine, and its role is to digest food (partially) by mechanical and chemical digestion (e.g., gastric acids, lipase, and digestive enzymes) and send it to the small intestine. The function of the small intestine is to absorb nutrients through its inner surface and send them into the bloodstream (Sandblom, 1970). The differences in conditions, along with the food or other ingested substrates between the stomach and intestine, affect the composition and function of the microbes (Hillman et al., 2017; Spohn and Young, 2018). However, will the environmental temperature impact the stomach and gut microbiomes on the same time, and are there some common patterns in the changes between the stomach and gut microbiome? Then, what will happen to the microbiome community in the gastric and gut over time, along with the different environmental temperatures, and can these changes be maintained for long periods?

The Chinese giant salamander (Andrias davidianus), the largest extent amphibian, is a flagship species for amphibian biodiversity conservation. These salamanders typically experience temperatures of 8–25°C, with 15–21°C as optimal for somatic growth (Hill et al., 1975; Hutchison and Hill, 1976). And temperature higher than 28°C would threaten the survive of these animals (Mu et al., 2011). The captive individuals have prominent cold preference, with behavioral preference temperature lower than the reported optimal growth temperature in aquaculture (15–21°C), and warm acclimation can’t improve their preferred temperature (our unpublished data). These results suggest that the Chinese giant salamander may be sensitive to global warming. Our previous study found age-related changes in the gastrointestinal microbiota of a captive Chinese giant salamander population (A. davidianus), with the stomach and gut showing different microbial communities (Zhang et al., 2018). The stomach in 3 years old salamanders harbors a relatively high relative abundance of Proteobacteria (e.g., genus Aeromonas) and Tenericutes (e.g., Mycoplasma), while the gut has a high relative abundance of Fusobacteria and Firmicutes (Zhang et al., 2019). In the present study, we investigate the changes in the gastrointestinal microbiome in a laboratory Chinese giant salamander population under the same diet and across different environmental temperatures (5, 15, and 25°C) across two sampling times (80 and 330 days after the acclimation). Moreover, to explore the putative host-microbe interaction at different temperatures, we also measured their body growth during the experiment.



RESULTS

We gained the sequencing data from 47 samples belonging to 63 individuals (the range of sequencing reads: from 30,622 to 57,960) in this study. On day 80, each temperature treatment group had three pooled samples for either stomach or gut. On day 330, we successfully gained the sequence from 13 stomach samples (5°C: one sample; 15°C: six samples; 25°C: six samples) samples and 16 gut samples (5°C: six samples; 15°C: four samples; 25°C: six samples). The total number of OTUs (Operational taxonomic units) was 1,676. After rarefaction (28,202 sequences per sample), we finally gained 1,517 OTUs.


The Differences in the Gastrointestinal Microbial Groups Under Different Temperatures

The stomach microbiome of the Chinese giant salamanders mainly included Proteobacteria and Bacteroidetes. The gut microbiome of the Chinese giant salamanders mainly included Firmicutes, Fusobacteria, and Bacteroidetes (Figure 1). In the stomach samples on day 80, the relative abundance of Cyanobacteria was the enriched in the 5-degree group, the relative abundance of Fusobacteria was the enriched in the 15-degree group, and the relative abundance of Armatimonadetes was enriched in the 25-degree group (Figure 1 and Supplementary Figure 1). In the gut samples on 80 days after the acclimation (Day 80), we found the relative abundance of many phyla decreased along with the increasing of the environmental temperatures. For example, the relative abundance of Cyanobacteria, Proteobacteria, Planctomycetes, Actinobacteria, and Chloroflexi, were enriched in the 5-degree group (Figure 1 and Supplementary Figure 2). In the stomach samples on 330 days after the acclimation (Day 330), the relative abundances of many phyla (including Firmicutes, Cyanobacteria, Planctomycetes, Actinobacteria, and Tenericutes) were enriched in the 25-degree group (Figure 1 and Supplementary Figure 3). Here, we didn’t include the 5-degree group due to the only one sample in this group. In the gut samples on Day 330, the relative abundance of Proteobacteria was the enriched in the 5-degree group, the abundances of Cyanobacteria and Fusobacteria were the enriched in the 5-degree group, and the relative abundances of four phyla (including Firmicutes, Verrucomicrobia, Actinobacteria, and Tenericutes) were enriched in the 25-degree group, (Figure 1 and Supplementary Figure 4). Moreover, based on the significant differences in the relative abundance of the microbiome among the groups using LEfSe analysis, we estimated the four kinds of trends in the microbiome (genus level) observed in the microbiome with changing temperatures (Supplementary Figure 5).
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FIGURE 1. The mean relative abundance of the phylum in giant salamander stomach and gut microbiome under different temperatures. Sto, stomach content sample; Day 80, 80 days after acclimation; Day 330, 330 days after acclimation; Others, the total of the low relative abundance phyla.


First, we estimated the decreasing pattern in the relative abundance of some genera with increasing temperature (Supplementary Figure 5A). Two common genera were found in the stomach and gut microbiomes: Limnohabitans (Stomach: from 13.661% to 0.745%; Gut: from 0.281% to 0.027%) and Methyloparacoccus (Stomach: from 1.125% to 0.074%; Gut: from 0.233% to 0.006%). In the gut samples on day 80, the relative abundance of Eubacterium sharply decreased. During the second sampling period, no common genera were found between the stomach and gut samples. Second, we observed the increasing trend in the relative abundance of some genera with increasing temperature (Supplementary Figure 5B). Only one common genus was found in the stomach and gut microbiome: Paraclostridium (Stomach: from 0.008 to 0.113%; Gut: from 0.038 to 0.641%). In the stomach samples on day 80, the relative abundance of Aeromonas sharply increased (from 0.015 to 37.690%). During the second sampling period, ten common genera were found between the stomach and gut samples, namely Akkermansia, Alistipes, Clostridium sensu stricto 1, Dielma, Hydrogenoanaerobacterium, Intestinibacter, Intestinimonas, Oscillibacter, Peptococcus, and Ruminococcaceae UCG-014. Third, we observed convex trends in the relative abundance of some genera with increasing temperature (Supplementary Figure 5C). No common genera were found between the stomach and gut samples. The relative abundance of Flavobacterium was the highest (5-degree: 1.550%; 15-degree: 37.516%; 25-degree: 1.471%) in the stomach samples at 15-degree. The relative abundance of Cetobacterium was highest (5-degree: 29.057%; 15-degree: 46.935%; 25-degree: 0.024%) in the gut samples at 15-degree. Finally, we found the concave trend in the relative abundance of some genera with increasing temperature (Supplementary Figure 5D). In the stomach samples on day 80, the relative abundance of Aquabacterium in the stomach samples had the lowest relative abundance at 15 (5: 0.307%; 15: 0.124%; 25: 7.823%) on day 80. One genus (Caproiciproducens) with a concave trend was found in the gut on day 80. During the second sampling period, only one common genus (Parabacteroides) was found between the stomach and gut samples.



Alpha Diversity Differences in the Gastrointestinal Microbiome Under Different Temperatures

We used Shannon index to evaluate the alpha diversity of the gastrointestinal microbiome (Figure 2). We found the significant Interaction between sampling time and temperature, or type (stomach and gut) on Shannon index in the gastrointestinal microbiome of the giant salamanders (General linear model, p < 0.0001, Table 1). The results of one-way ANOVA test showed the significant different in Shannon index among temperature groups within the same sample type at each sample time, except for the stomach samples on day 330 (Figure 2). Because only one sample in the 5-degree group was successfully gained the 16S data. Thus, we didn’t make the one-way ANOVA test, and compared the mean value between 15-degree and 25-degree stomach groups on day 330. In the gut microbiome, the diversity in the 5-degree group was the highest on day 80, and the diversity in the 25-degree group was highest on Day 330. The trends of alpha diversity in the stomach are similar from 5-degree to 15-degree but opposite from 15-degree to 25-degree for the two sampling time points (Figure 2A). Here, we had to be cautious that there was only one sample in the 5-degree group. In the gut microbiome, the diversity under temperature 5-degree was the highest on day 80, but it decreased from 5-degree to 15-degree and then remained almost stable to 25-degree. Contrarily, on day 330, the diversity of the 25-degree group was the highest, but it presented a continuously increasing trend. Thus, the trends observed in the gut were opposite from 5-degree to 15-degree but similar from 15-degree to 25-degree for the two growth stages (Figure 2B).


[image: image]

FIGURE 2. The alpha diversity of the gastrointestinal microbiome under the environmental temperatures. (A) The Shannon in the stomach samples. (B) The Shannon in the gut samples. The one-way ANOVA test was used to test the significant differences among the temperature groups within the same sample type at each sampling time. If significant, the post hoc test [by Bonferroni correction: significant level at 0.05 (∗)] was used to pairwise comparisons among the temperature groups within the same sample type. Due to only one stomach sample at 5-degree group was successfully gained the 16s data on day 330, we didn’t include this sample in the statistical analysis.



TABLE 1. The effect on the Shannon index of the gastrointestinal microbiome by sample time (day 80 and day 330), type (stomach and gut), temperature, and their interactions.
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Effect on the Similarity in the Gastrointestinal Microbiome Community Under Different Temperatures

The Adonis method and PCoA cluster using unweighted Unifrac distance showed a significant effect on the microbiome community by the sampling time (day 80 and day 330), sample type, (Type: two groups, stomach, and gut, Figure 3), and temperature (three groups: 5-degree, 15-degree, and 25-degree (Table 2, permutation = 999, p = 0.001), and their interaction (Table 2, permutation = 999, p = 0.001). For example, 10% of variation (R2 = 0.101) in microbiome community could be explained by temperature alone. In each type of the microbiome, both the sampling time and temperature had a significant effect on the microbiome community (Table 2, permutation = 999, p = 0.001), and the variation explained by temperature was about 16% and 20%, respectively. The variation explained by temperature was about 39% and 33%, respectively. Furthermore, within the stomach sample on first sample time, the effect of temperature explained 45.1% of the variation. These findings indicated that the temperature had a potential effect on the microbiome community besides sampling time and type.
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FIGURE 3. The results of beta diversity among the groups. (A) The NMDS (non-metric multidimensional scaling) cluster analysis using Bray-Curtis distance among all samples (each spot represented one sample). The numbers in the figure represented the degree of the temperature. The closure for each group was generated by Convex Hull (Barber et al., 1996). (B) The pairwise comparisons among the groups in the stomach and gut microbiome under different temperatures within each sampling time. (C) The pairwise comparisons between the first and second sampling time in the stomach and gut microbiome under the same temperature. The one-way ANOVA test was used to test the significant differences in the pairwise comparison distance within the same sample type. If significant, the post hoc test [by Bonferroni correction: significant level at 0.05 (*)] was used to pairwise comparisons.



TABLE 2. The Adonis analysis using unweighted Unifrac distance among the groups.
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The largest unweighted Unifrac distances were found in the groups between 5-degree and 25-degree groups (Figure 3B), indicating the increasing dissimilarity in the microbiome community along with the increasing temperatures. After comparing the distance within the same type of the microbiome between the first and second sampling time under the same temperature, we found the distance decreased along with the increasing temperature, indicating the relative stability in the microbiome under the high temperature. The one-way ANOVA test showed the significant differences in the pairwise comparison distance within the same sample type (Table 2; Stomach: F = 40.450, p < 0.0001; Gut: F = 353.522, p < 0.0001). For example, the dissimilarity in the stomach and gut samples between the first and second sampling time under temperature 25 was the significant lower than that of temperature 5 or temperature 15 (Figure 3C and Table 2).



Differences in Giant Salamander Growth Under Different Temperatures

Thermal acclimation influenced the larvae body weight and length significantly, and larvae acclimated at higher temperatures tended to have higher growth rate (F2,191 = 41.142, p < 0.001, two-way ANOVA; Supplementary Figures 6A–C). Further simple effect analyses indicated that significant weight and length difference between the three groups was only observed on Day_330, but not on Day_19 and Day_80 (at the threshold of p < 0.05; Supplementary Figures 6B,C). On Day-330, the body weight of 25-degree and 15-degree group was three and two times larger, respectively, than that of 5-degree group. The difference in body length was relatively smaller, and the 25-degree and 15-degree larvae was 1.5 and 1.3 times longer than the 5-degree individuals. There was a significant interactive effect of temperature and length on the larvae weight (F2,191 = 62.79, p < 0.001, ANOCOVA with length as a covariate; Supplementary Figure 6D), indicating different weight-length relationships between groups. The salamanders in the 25-degree group tended to have a larger slope in the weight-length relationship than the rest two groups (at the threshold of p < 0.05, LSD post hoc test; Supplementary Figure 6E), implying fatter body type in 25-degree individuals. In consistent with the results of growth rate, we observed a significant difference in food intake (mixed model for repeated measures, F2,53 = 39.242, p < 0.001) and intake rate (intake amount/total feeding food; F2,53 = 13.441, p < 0.001) among groups (Supplementary Figures 6F,G). And the salamanders in the 25-degree group showed the highest food intake and intake rates (pairwise LSD test, p < 0.05).



DISCUSSION

Previous studies found a decrease in alpha diversity in several animal gut microbiomes with increasing temperatures [e.g., terrestrial adult salamander (Fontaine et al., 2018), lizards (Bestion et al., 2017), hens (Zhu et al., 2019), and mice (Chevalier et al., 2015)]. However, some studies have not found significant differences in alpha diversity with increasing temperatures [e.g., the gut microbiome of tadpoles (Kohl and Yahn, 2016) and the rumen microbiome of cows (Tajima et al., 2007)]. In this study, on day 80, the alpha diversity in both the stomach and gut microbiome decreased with increasing temperatures. On day 330, the pattern was, to some extent, the opposite. Moreover, one possibility for the changes in the stomach and gut microbiome between the two sampling times is not just growth but also a change in diet (from eating worm to fish). Diet is one of the important environmental factors influencing the gut microbiome community (Backhed et al., 2005; Ley et al., 2008a,b; Xu and Knight, 2015). Thus, here, we focused on the changes in the microbiome within each sampling time.

The environmental temperatures influenced the stomach and gut microbiome communities across the two sampling times. At each sampling time, the environmental temperature explained the high percentage of variation in both the stomach and gut microbiomes among the groups. Most dissimilarities in the microbiome community were found between the 5-degree and 25-degree groups. Interestingly, the microbiome communities (either stomach and gut) displayed the highest similarity in the 25-degree group between the two sampling times when compared to those in the 5-degree and 15-degree groups. The 5-degree group had the highest dissimilarity in the microbiome community among the three groups. This finding indicates that high-temperature pressure might lead to relative stability in the microbiome during growth. However, the individuals were not the same during these two sampling times due to the invasive sampling methods for collecting stomach and gut contents. The environmental temperature disrupts the animal’s microbiome community (Chevalier et al., 2015; Bestion et al., 2017; Fontaine et al., 2018; Zhu et al., 2019). However, as a long-term effect, the high environmental temperature may act as a main selective pressure to maintain the relative stability of the microbiome along with the host development.

High environmental temperatures might influence the animal’s growth through their gastrointestinal microbiome at the long-term level. There is some consensus regarding the changes in several animal gut microbiomes with increasing temperatures: the relative abundance of Firmicutes increases, and the relative abundance of Proteobacteria decreased (Reviews in Juan and Andrew (2020)). Here, on day 330, we found the relative abundance of Firmicutes significantly increased with increasing temperature, and the ratio of Firmicutes to Bacteroidetes also increased with increasing temperatures, especially in the gut microbiome. In these ten common genera between the stomach and gut microbiome at this stage, most of them came from Firmicutes, such as Clostridium sensu stricto 1, Dielma, Hydrogenoanaerobacterium, Intestinibacter, Intestinimonas, Oscillibacter, Peptococcus, and Ruminococcaceae UCG-014. In the human and mice gut microbiome, Firmicutes are more effective as an energy source than Bacteroidetes, thus promoting absorption of calories and nutrient transportation, and subsequent weight gain (Turnbaugh et al., 2006; Krajmalnik-Brown et al., 2012; Dugas et al., 2016). In this temperature study, the larvae of the salamander were initially overfed with commercial red worms daily. After 254 days of acclimation, the larvae were overfed with fresh fish every 2 days. We have compared the composition of redworm and fish; the latter is much richer in protein and lipid. Therefore, given that Firmicutes are highly correlated with protein and fat digestibility, we speculated that the significant increase in the relative abundance of Firmicutes in the gastrointestinal microbiome with increasing temperatures on day 330 might be associated with the high food intake and intake rate, which resulted in the significantly increased body weight and length of the giant salamanders. Here, we have to mentioned that higher temperatures led to increased host metabolism and food consumption, which might result in a higher level of nutrients for the gut microbiome and the changes in the gut microbiome community. Thus, our study might still be an indirect consequences of the temperature increase on the gut microbiome, but it did make the change in microbiota a secondary effect, rather than a direct response.

It should be pointed out that the acclimation temperature grads (5, 15, and 25°C) used in this study was based on the hatchery temperature (15.18 ± 1.14°C) of the artificial populations in Hongya County in Sichuan Province, China. These larvae prefer temperature of 10–15°C (Unpublished data). In fact, the optimum thermal window of captive A. davidianus larvae may vary with the clade (Yan et al., 2018) and breeding conditions. For example, previous studies have reported that 20–24°C are suitable for the growth of A. davidianus individuals bred at 20°C (Hu et al., 2016, 2019a,b). There were some limitation in this study. Firsts, we didn’t have the samples before the temperature treatment, and we didn’t know the baseline in the microbiome community for these groups. Second, we couldn’t follow individuals across time due to the invasive genetic methods used in this study. Thus, the variation among the individuals would also lead to the difference in the microbiome composition. The best way in this kind of research would use the non-invasive genetic method to track the microbiome composition of each individual across time under the different temperature treatment.



CONCLUSION

Here, based on the analysis of the gastrointestinal microbiome in the laboratory larva of giant salamanders, we revealed that the environmental temperature might have an indirect effect on the microbiome community. The significant increase in the relative abundance of Firmicutes in the gastrointestinal microbiome with increasing temperatures might be associated with the significantly increased host metabolism and food consumption. The high environmental temperature might act as a selective pressure to maintain the relative stability of the microbiome during the host development. However, we did not find evidence of how environmental temperature directly influences the gut microbiome.



MATERIALS AND METHODS


Experimental Design

The Chinese giant salamander (A. davidianus), is an endangered species in China. It is a model species for evolutionary studies according to high starvation tolerance, their longevity, and their ability to hatch in the absence of sunshine (Geng et al., 2017). Larvae of the giant salamander (104 days after hatching, 3.26 ± 0.05 g) were bought from an artificial farm located in Hongya County, Sichuan province in China on February 8, 2018. On the same day, these larvae were randomly divided into three groups (30 individuals per group) and acclimated in three artificial climate boxes at 5 ± 0.5°C, 15 ± 0.5°C (empirical optimum in the farm), and 25 ± 0.5°C (water temperature; 12L: 12D). We also manipulate the daily condition with the 12-hourly light and 12-hourly dark per day. We used these temperatures to represent cold, optimal, and heated living conditions and these salamander typically experience temperatures of 8–25°C, with 15–21°C as optimal (Hill et al., 1975; Hutchison and Hill, 1976). The breeding center is normally set up at 15°C for their living water temperature. If the water temperature is below 8°C, the giant salamander will lose appetite, which leads to a decrease in the growth rate. If the water temperature is below 3°C or over 28°C, the giant salamander will stop eating and go into a hibernation status (Mu et al., 2011). These larvae were initially overfed with commercial red worms (Limnodrilus) daily. After 254 days of acclimation, the larvae were overfed with fresh fish every 2 days. Food intake was measured by the difference between the initial and remnant food mass. Water was replaced before each feeding.

The experiment was designed to study the chronic influences of temperature on the physiology and metabolism of the giant Chinese salamander, and the reorganization of the microorganisms was an important aspect. The reason why we called it “acclimation” was because some physiological tests were conducted during or at the end of the thermal exposure. These included comparisons of the preference temperatures and thermal tolerant windows between larvae acclimated at different temperatures. Since the larvae grew up, the redworm could no longer provide sufficient nutrients to the individuals acclimated at higher temperatures (delayed somatic growth), but fish did. This is the experience of the farmers and our observations. On the farm, the hatched larvae were fed with red worm for the first several months, and then this diet was replaced by the pork liver or fish. We have compared the composition of redworm and fish; the latter is much richer in protein and lipid. The salamanders acclimated at the same temperature were kept in three independent containers/tanks, and each container housed ten individuals. On first sample timing, five individuals were collected randomly from each container, and thus 15 individuals were collected for each thermal group. On second sample timing, two individuals were collected randomly from each container, and thus six individuals were collected for each thermal group.



Sample Collection

The stomach and gut contents per individual were collected after 80 and 330 days of acclimation. For stomach and gut microbial sampling, each giant salamander was euthanized and dissected to collect the gut and stomach contents in a 2 mL aseptic centrifuge tube. Due to the lack of sufficient gastrointestinal content in a single individual on day 80, we collected nine pooled samples for the stomach (three for each temperature) and nine pooled samples for the gut (three for each temperature). Each pooled sample was collected from five individuals from the same container. Before sample collection, larvae were randomly selected from each tank and fasted for 3 days. The entire content of each stomach was collected after removing the food residue, and the entire intestine content (from the anterior intestine to the cloaca) was collected as gut sample. Each sample was mixed by several rounds of vortex and transient centrifugation. On day 330, we did not use a pooling strategy and collected stomach and gut contents from each individual. We collected the stomach and gut contents from six individuals for each temperature (However, in the sequencing, two failed in 15-degree gut group, two failed in 25-degree gut group, five failed in 5-degree stomach group). On the second sampling time, the larvae were much larger in size, but the stomach and gut content collected did not exceed 2 ml for each individual. All samples were stored at −80°C until DNA extraction. On day 80, we obtained nine pooled stomach and nine pooled gut samples from 45 individuals, and each temperature group had three pooled samples within the stomach and the gut microbiome. On day 330, we successfully obtained 29 samples, and each temperature group had 1–6 samples.



DNA Extraction and 16S rRNA Sequencing

Each sample was thawed on ice, and microbial genomic DNA was extracted using a QIAamp Fast DNA Stool Mini Kit (QIAGEN, Germany), according to the manufacturer’s protocol. The negative controls (blank control, no adding the gut or stomach sample) were used during the DNA extraction. The integrity of the DNA was visually assessed using 1.0% agarose gel electrophoresis and quantified using a Qubit and NanoDrop. The 16S rRNA gene V4 region was amplified from the extracted DNA using the universal primers 515F (GTGCCAGCMGCCGCGGTAA) and 806R (GGACTACHVGGGTWTCTAAT). The PCR was performed in triplicate using a 25 μL reaction containing ∼40 ng of DNA template, 2.5 μL of 10x TransStart Taq buffer, 1 μL of each forward and reverse primer, 2 μL of dNTPs (2.5 mM), 0.25 μL of TransStart Taq DNA Polymerase, and 16.25 μL of ddH2O. The polymerase chain reaction thermocycling conditions were: 95°C for 5 min, 35 cycles of 95°C for 30 s, 55°C for 30 s, and 72°C for 45 s, with a final extension step at 72°C for 10 min. All the PCR products from the blank controls (blank extraction control and blank PCR control) were blank in the agarose gel. The products were purified with a DNA Purification Kit (TIANGEN, Beijing), and barcoded V4 amplicons were sequenced using the Illumina HiSeq platform (HiSeq2500 PE250).



Analysis of 16S rRNA Raw Data


Raw Read Trimming

Here, we used QIIME 1.9 to trim the raw reads and obtain clean sequences (Caporaso et al., 2010). In the trimming analysis, Usearch was used for chimerism check in order to remove low-quality sequences, flash was used for splicing, and trimmomatic was used for quality control with default parameters (e.g., Window Size: 20 base pair; Minimum Read Length: 50 base pair) (Edgar, 2010). Operational taxonomic units (OTUs) were defined as sharing >97% sequence identity, and representative sequences were classified against the SILVA132 database (Quast et al., 2012). Then, we obtained OTU tables containing taxon information (e.g., Phylum, Class, Order, Family, and Genus). We chose to rarefy our sequencing depth at 28202 (according to the lowest number of sequences of one sample in this study) to equalize the sampling depth across all samples. The taxon summary of these sequences mostly were assigned to Bacteria domain, and only about 0.5% were unclassified.



Alpha Diversity Analysis

The alpha diversity (e.g., Shannon index) was calculated in QIIME 1.9 (Caporaso et al., 2010). The general linear was used to evaluate the interaction between day and temperature, or with sample type. We use one-way ANOVA test to test the significant differences among the temperature groups within the same sample type at each sampling time. If significant, the post hoc test (by Bonferroni correction) was used to pairwise comparisons among the temperature groups within the same sample type. In addition, due to only one stomach sample at 5-degree group was successfully gained the 16s data on day 330, we didn’t include this sample in the statistical analysis. Thus, non-parametric analysis was used to compare the mean value of Shannon index between the 15-degree and 25-degree groups within the stomach samples. All statistical analysis were conducted in SPSS Statistics 20.0 (Spss, 2011).



Estimating the Dynamics of the Microbiome at Different Temperatures

We used linear discriminant analysis effect size (LEfSe) (Segata et al., 2011) to determine the stomach and gut microbial taxa (genus level) with significantly differentiating relative abundance among groups (under different temperatures) within each sampling time. Thus, within each sample time, we used this genera information (including the mean relative abundance) to find four types of trends in each type of the microbiome with increasing temperatures: increasing (from 5 to 25 degree), decreasing (from 5 to 25 degree), convex (increasing from 5 to 15 degree, and then decreasing in 25-degree), and concave patterns (decreasing from 5 to 15 degree, and then increasing in 25-degree).



Microbial Beta Diversity Analysis

Muscle (Edgar, 2004) was used to make the alignment of the represented sequences of each OTU, and FastTree (Price et al., 2010) was used to construct the phylogenetic tree. We applied Adonis method in QIIME 1.9 (Caporaso et al., 2010) based on the unweighted Unifrac distance using OTU tables to compute an R2 value (effect size), which showed the percentage of variation explained by factors (e.g., sampling time, type), and their interaction. The Bray-Curtis distance for bacterial species abundance was used to generate NDMS (non-metric multidimensional scaling) in PAST3 (Hammer et al., 2001). At each sampling time, pairwise comparisons based on unweighted Unifrac distances between different temperature groups in the stomach and the gut microbiome were generated with QIIME 1.9 (Caporaso et al., 2010). Furthermore, we made comparisons based on unweighted Unifrac distances in the same temperature group between the first and day 330s within the stomach and the gut microbiome. The one-way ANOVA test was used to test the significant differences in the pairwise comparison distance within the same sample type. If significant, the post hoc test (by Bonferroni correction) was used to pairwise comparisons.



Growth Analysis of the Giant Salamander

Bodyweight and length were measured every week. The food intake rate was calculated using the following formula: food intaking/total feeding food. Repeated measures models (general linear model or mixed model) could not be conducted for larvae body traits, as larvae from the same tank were not marked, and thus the data could not be distinguished between individuals. Here, in order to test the differences in the growth characters among the groups (under the different living temperatures), we tried to analyze these metrics. Pairwise comparisons of the body traits at each sampling time point were followed by a one-way ANOVA LST test. The difference in weight to length ratio was also analyzed between groups. All tests were conducted in SPSS Statistics 20.0 (Spss, 2011).
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AMK, amikacin; AZM, azithromycin; BAC, bacitracin; CAZ, ceftazidime; CHL, chloramphenicol; CIP, ciprofloxacin; CST, colistin; CTX, cefotaxime; ERY, erythromycin; IPM,
imipenem; KAN, kanamycin; MRE, meropenem, NB, novobiocin;, NEO, neomycin; OPT, optochin; PEN, penicillin; PIR piperacillin;, SAM, ampicillin + sulbactam; STR,
streptomycin; TET, tetracycline; TMR trimethoprim; VAN, vancomycin; S, susceptible; |, intermediate; R, resistance.
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Numbers in braces, brackets, and parentheses represent bacteria detected in the unfed state of the digestive tract, bacteria identified from specimens reared on the sterile diet, and bacteria identified by metagenetic
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Juvenile stage (recaptured)

Larval stage Early juvenile stage Juvenile stage
1 mph 2 mph 3 mph 7 mph 9 mph 9 mph
Body length (cm) NatG 1.83+0.14 6.42 +£0.65 13.25 4+ 0.87 23.76 + 2.00 29.86 +1.65 26.82 £2.20
FormG 2.074+0.13 547 +£063 11.72 £ 0.89 23.49 £ 2.72 29.28 +1.44 23.89 £2.74
P-value >0.05 <0.01** <0.01* >0.05 >0.05 <0.05"
Body weight (g) NatG 0.08 +0.02 2.07 +£0.56 20.10 + 3.39 80.22 +20.85 152.00 4 23.62 105.27 +£27.20
FormG 0.10 £ 0.03 1.71 £0.48 15.14 £ 2.36 92.21 4+ 28.11 150.75 +20.84 79.56 +21.04
P-value >0.05 <0.05* <0.01* >0.05 >0.05 <0.05*

Significance is indicated by *P < 0.05 and *P < 0.01. NatG, natural diet group; FormG, formula diet group; mph, months post hatching.
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Species Feeding Diet Distribution and Major gut bacteria? Firmicutes: References
strategy habitat Bacteroidetes®
Tasmanian devil Generalist Mammals, insects, Tasmania. o Firmicutes 45:1 Pemberton
carnivore birds, fish, and carrion Inter-tidal to 53.5 + 3.9% et al., 2008;
sub-alpine; e Proteobacteria Cheng et al.,
predominantly with 18.6 £ 3.5% 2015; Rogers T.
sclerophyll forests. e Fusobacteria et al., 2016;
Mosaic landscape of 183.8 £4.5% Pemberton,
forest and farmland. e The most abundant 2019
genus: Clostridium
Northern quoll Generalist Mammals, birds, Northern Australia. e Firmicutes 13:1 Oakwood,
omnivore reptiles, frogs, Arid and coastal 58.1 £21.3% 2000;
invertebrates, fruit, and zones; inland to e Proteobacteria Hernandez-
carrion approximately 34.4 £ 21.3% Santin et al.,
200 km from coast. e The most abundant 2016; Dunlop
Tropical lowland genus: et al., 2017;
savanna. Enterococcus Burke et al.,
2018
Koala Specialist Eucalyptus foliage Eastern to Southern o Firmicutes 45% 2:1 Cork et al.,
folivore (different populations Australia o Bacteroidetes 23% 1983; Moore
feed on different types Eucalypt forest and e Proteobacteria 15% et al., 2005;
of Eucalyptus) woodland e The most abundant Shiffman et al.,
communities. genus: 2017; Johnson
Bacteroides etal., 2018
Common wombat Generalist Grass and snow grass Tasmania and o Firmicutes 61% 3.4:1 Rishworth
herbivore south-eastern o Bacteroidetes 18% etal., 1995;
Australia. e The most abundant Groves, 2005;
Any elevation in south genus: Evans et al.,
of their range; in Bacteroides 2006; Shiffman
mountainous areas in etal., 2017
QLD.
Rainforest,
eucalyptus forest,
woodland, alpine
grassland, and
coastal areas.
Macropods (Macropus Generalist Various grass and A wide range of o Bacteroidetes 11 Jarman, 1984;
giganteus, Macropus herbivores herbaceous plant habitats across 48.3 £ 9.2% (mostly Gulino et al.,
rufus, and Macropus species Australia, ranging Prevotellaceae) 2013

robustus)

from arid desert
zones to temperate
forests, and alpine
regions.

o Firmicutes

47.3 £ 9.9% (mostly

Lachnospiraceae)

aTasmanian devil, koala, and wombat data was collected using fecal samples; the quoll and macropod studies used cloacal swabs and foregut fluid, respectively. P Ratios

were estimated as (average relative abundance of Firmicutes)/(average relative abundance of Bacteroidetes); individual level F:B ratios may vary greatly.
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Species LocalID Sex Age Origin Phase Phase Facility® Co-housed with Aviary size and substrate Genetic

(years) 1 diet? 2 diet? relationships
Egyptian vulture  EV002 6* Wild, Oman  Clean Dirty KBoPC EV005 Open air enclosure, 64 m2, natural rock and sand substrate Unknown
Egyptian vulture  EV0O05 F 6* Wild, Oman  Clean Dirty KBoPC EV002 Open air enclosure, 64 m?, natural rock and sand substrate Unknown
Egyptian vulture  EVOO1 6* Wild, Oman Dirty Clean BCEAW EV003, EV004, EVO06  Partially covered enclosure, 100 m?2, natural sand substrate Unknown
Egyptian vulture  EV0O03 6* Wild, Oman Dirty Clean BCEAW EV0O1, EVO04, EVO06  Open air enclosure, 100 m?, natural rock and sand substrate Unknown
Egyptian vulture  EV004 F 6" Wild, Oman  Dirty Clean BCEAW EV001, EV003, EVO06  Open air enclosure, 100 m?, natural rock and sand substrate Unknown
Egyptian vulture  EV0O06 F 6* Wild, Oman Dirty Clean BCEAW EV001, EVO3, EV004 Open air enclosure, 100 m2, natural rock and sand substrate Unknown
Griffon vulture GY003 F 15 Captive Clean Dirty KBoPC GY007, GY006 Open air enclosure, 1488 m?, natural rock and sand substrate Parent to
bred, UAE GY018
GY019
Griffon vulture GY007 F 13 Captive Clean Dirty KBoPC GY003, GY006 Open air enclosure, 1488 m?, natural rock and sand substrate Parent to
bred, UAE GY015
GY016
Griffon vulture GY006 14 Captive Clean Dirty KBoPC GY003, GY007 Open air enclosure, 1488 m?, natural rock and sand substrate Parent to
bred, UAE GY018
GY019
Griffon vulture GY015 F 25 Captive Dirty Clean KBoPC GY016 Open air enclosure, 242 m?, natural rock and sand substrate Offspring o
bred, UAE GY005
GY003
Griffon vulture GY016 1.5 Captive Dirty Clean KBoPC GY015 Open air enclosure, 242 m?, natural rock and sand substrate Offspring o
bred, UAE GY005
GY003
Griffon vulture GY017 F 3.5 Captive Clean Dirty KBoPC None Covered mews, natural sand substrate, wooden block with Offspring o
bred, UAE AstroTurf surface. Tethered and flown daily by falconry team Undetermined
Griffon vulture GY018 0.75 Captive Dirty Clean KBoPC None Covered mews, natural sand substrate, wooden block with Offspring o
bred, UAE AstroTurf surface. Tethered and flown daily by falconry team GY006
GY003
Griffon vulture GY019 F 0.75 Captive Dirty Clean KBoPC None Covered mews, natural sand substrate, wooden block with Offspring o
bred, UAE AstroTurf surface. Tethered and flown daily by falconry team GY006
GY003

aDjet comprised either a sanitized diet (SD) of dressed quail, chicken and rat carcasses (i.e. skinned, partially eviscerated (gastrointestinal tract removed)) which were washed under tap water, or an un-sanitized diet
(UD) of fully feathered/furred, intact whole carcass of the same prey species. °KBoPC = Kalba Bird of Prey Centre (UAE); BCEAW = Breeding Centre for Endangered Arabian Wildlife (UAE). *Estimated age (bird was not
hatched in captivity).
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Species? Iron overload disorder status Facility Age (years) Sex Month sampled Diet (%)

Hay® Pellet® Browse Produce
BR Susceptible 1 4 F November 55 33 oF 12
BR Susceptible 3 18.5 M February 76 19 (03 15)
BR Susceptible 2 27 F December 55 32 o* 13
BR Susceptible 5 16.5 F October 40 41 18 o*
BR Susceptible 5 16.5 M October 46 36 18 0*
BR Susceptible 5 19.5 M October 40 41 18 o*
GOH Resistant 1 8 F August 50 42 o* 8
GOH Resistant 1 21.5 F August 46 39 o* 15
GOH Resistant 4 9 M January 81 19 0 o
GOH Resistant 4 10.5 M December 81 19 0 o*
GOH Resistant 4 18 E December 81 18 0 0*
GOH Resistant B 16 E October 67 33 0 0
GOH Resistant 5 17 F October 68 32 0 0
GOH Resistant 5 395 M October 65 35 0 4
SR Susceptible 1 6 M August 4 0 87 9
SR Susceptible 1 9 F February 5 0 84 1
SR Susceptible 1 33 M January 4 0 87 9
WR Resistant 4 2 M December 81 19 0 0*
WR Resistant 4 2.5 M December 81 19 0 0*
WR Resistant 4 7 E December 81 19 0 0*
WR Resistant 4 7 F December 81 18 0 o
WR Resistant 5 2.5 M October 73 27 0 0
WR Resistant B 25 M October 73 27 0 0
WR Resistant 5 3.5 F October 79 21 0 0
WR Resistant 5 4 F October 73 27 0 0
WR Resistant 5 9.5 F October 71 29 0 0
WR Resistant 5 12 F October 71 29 0 0
WR Resistant 5 23.5 M October 79 21 0 0
WR Resistant 5 25 F October 71 29 0 0

aBR, black rhinoceros; GOH, greater one-horned rhinoceros; SR, Sumatran rhinoceros; WR, white rhinoceros; PHay types included: grass, timothy, peanut, coastal,
alfalfa, and orchard grass. Often a mix of hays was fed; °Pellet types included: Mazuri ADF-25, Mazuri ADF-16, Mazuri Moose Breeder, and specially formulated pellet;
*Offered opportunistically or during operant conditioning training but not considered a staple of the daily diet.
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MA vs. MB Av. dissim Mean MA Mean MB MA vs. MC Av. dissim Mean MA Mean MC
Rickettsiella 6.492 0.133 0.00607 Legionella 7.017 0.148 0.00794
Legionella 6.043 0.148 0.0274 Rickettsiella 6.505 0.133 0.00684
Akkermansia 4.859 0.00632 0.102 [Anaerorhabdus] furcosa group 5717 0.0103 0.125
Tyzzerella 3 3.941 0.0568 0.121 [Eubacterium] fissicatena group 5.004 0.00368 0.104
Aquicella 1.898 0.0699 0.034 Ruminococcaceae_uncultured 3.427 0.014 0.0825
Bacteroidetes vadinHA17_norank 1.799 0.0494 0.0313 Lachnospiraceae NK4A136 group 3.264 0.00333 0.0686
Saccharofermentans 1.479 0.0324 0.00283 Aquicella 3.179 0.0699 0.0063
Terrimicrobium 0.9923 0.0129 0.0217 Bacteroidetes vadinHA17_norank 2.407 0.0494 0.00123
Microcystis 0.9904 0.000637 0.0203 Tyzzerella 3 1.931 0.0568 0.0182
Ruminococcaceae_uncultured 08717 0.014 0.0334 Gordonibacter 1.707 0.00121 0.0354
MA vs. MD Av. dissim Mean MA MeanMD MBvs. MC Av. dissim Mean MB Mean MC
Akkermansia 9.755 0.00632 0:2 [Anaerorhabdus] furcosa group 5.608 0.0125 0.125
Legionella 7.289 0.148 0.0025 Tyzzerella 3 5.138 0.121 0.0182
Rickettsiella 6.613 0.133 0.001 Akkermansia 4.889 0.102 0.00409
Ruminococcaceae_uncultured 6.427 0.014 0.142 [Eubacterium] fissicatena group 4.878 0.00621 0.104
Aquicella 3.41 0.0699 0.00167 Lachnospiraceae NK4A136 group 3.199 0.00523 0.0686
Acidaminococcaceae_uncultured 3.045 0.00729 0.0591 Ruminococcaceae_uncultured 2.455 0.0334 0.0825
Tyzzerella 3 2.497 0.0568 0.00685 Gordonibacter 1.669 0.00199 0.0354
Bacteroidetes vadinHA17_norank 2.444 0.0494 0.000494  MNG?7_norank 1.618 0.037 0.00461
Salmonella 2318 0.00459 0.048 Bacteroidetes vadinHA17_norank 1.502 0.0313 0.00123
[Anaerorhabdus] furcosa group 2,225 0.01083 0.0502 Aquicella 1.384 0.034 0.0063
MB vs. MD Av. dissim Mean MB MeanMD MCvs. MD Av. dissim Mean MC Mean MD
Akkermansia 10.61 0.102 0:2 Akkermansia 9.822 0.00409 0.2
Tyzzerella 3 5.704 0.121 0.00685 Ruminococcaceae_uncultured 5.919 0.0825 0.142
Ruminococcaceae_uncultured 5.493 0.0334 0.142 [Eubacterium] fissicatena group 4.654 0.104 0.0107
Acidaminococcaceae_uncultured 2.934 0.00424 0.0591 [Anaerorhabdus] furcosa group 4.273 0.125 0.0502
Salmonella 2.325 0.00395 0.048 Lachnospiraceae NK4A136 group 3.304 0.0686 0.0032
[Anaerorhabdus] furcosa group 2.203 0.0125 0.0502 Acidaminococcaceae_uncultured 3.075 0.00882 0.0591
MNG7_norank 177 0.037 0.00157 Salmonella 2.329 0.00357 0.048
Aquicella 1.616 0.034 0.00167 Lachnospiraceae_uncultured 1.834 0.0422 0.00553
Bacteroidetes vadinHA17_norank 1.539 0.0313 0.000494  Gordonibacter 1.44 0.0354 0.00725
Faecalitalea 1.438 0.00386 0.0317 Faecalitalea 1.421 0.0091 0.0317
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Categories

(1) All samples

Type (Stomach vs. Gut)

Sampling time (Day 80 vs. Day 330)
Temperature (5, 15, and 25 degrees)
Sampling time * Temperature
Sampling time * Type

Temperature * Type

Sampling time * Temperature * Type
(2) Stomach

Sampling time (Day 80 vs. Day 330)
Temperature (5, 15, and 25 degrees)
(3) Gut

Sampling time (Day 80 vs. Day 330)
Temperature (5, 15, and 25 degrees)

11.5623
13.398
5.071
6.909
13.603
5.577
10.784

12.498
3.765

11.270
5.574

R2

0.204
0.229
0.101
0.457
0.486
0.405
0.772

0.385
0.158

0.329
0.195

0.001
0.001
0.001
0.001
0.001
0.001
0.001

0.001
0.010

0.001
0.001

Adonis: Partitions a distance matrix among sources of variation in order to describe
the strength and significance that a categorical or continuous variable has in
determining variation of distances (http.//qiime.org/scripts/compare_categories.
html). Here, the variables include sampling time, type, and temperature. (1) All
samples: All 47 samples were used in the analysis. (2) Stomach: Only the samples
from the stomach were used in analysis. (3) Gut: Only the samples from the gut

were used in analysis.
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Source Type lll sum of squares

Corrected Model 48.9632
561.861
Sampling time * Temperature 13.019
Sampling time * Type 10.541
Temperature * Type 2.349
Sampling time * Temperature * Type 0.004
Error 21.676
Total 814.878
Corrected Total 70.639

Mean square

4.896
561.861
6.509
10.541
1174
0.004
0.602

F

8.132
933.172
10.811
17.508
1.950
0.007

Sig.

<0.0001
<0.0001
<0.0001
<0.0001
0.157
0.933

aR Squared = 0.693 (Adjusted R Squared = 0.608). Sig., significant.





OPS/images/fmicb-12-543767/fmicb-12-543767-g003.jpg
NMDS 2

Unweighted Unifrac distance 9

@ Day 80 W Day 330

0.001

0.051

0.101

0.15]

\

0.8

0.75

0.7

0.65

0.6

0.55

0.5

0150 -0.075 0000 0075 0150 0225 0.300
NMDS 1

— = Stomach
= Gut

25/25

5/5 . 15/15
Pairwise comparison
between day 80 and day 330

Unweighted Unifrac distance

02 03 04 05 06 07 08
B Stomach, day 80
mu Stomach, day 330

5 = Gut, day 80
0 Gut, day 330
5/15
5/25
15
15/25
25

Pairwise comparison within the same
sampling time





OPS/images/fmicb-12-543767/fmicb-12-543767-g002.jpg
Stomach B Gut
Day 80-sto: One-way ANOVA, F = 32.860, p = 0.001
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