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Editorial on the Research Topic
 Bacterial Chromosomes Under Changing Environmental Conditions



The bacterial cell cycle comprises chromosome replication and segregation of newly replicated chromosomes into daughter cells prior to cell division. Unlike in eukaryotic organisms, DNA replication, chromosome segregation, and transcription occur simultaneously in bacteria. Several molecular mechanisms act in concert to allow chromosome replication initiation once-and-only-once per cell cycle (Skarstad et al., 1986; Boye et al., 2000). Other mechanisms ensure that replication is coordinated with cell growth (Murray, 2016) and linked to chromosome segregation in a tightly coordinated manner (Blow and Tanaka, 2005; Reyes-Lamothe et al., 2012). Considering that the chromosome is a massively compact structure, organization of the bacterial nucleoid adds an extra level to cell cycle coordination. In particular, a balance has to be reached between the requirement of significant compaction and an unobstructed accessibility to molecular processes underlying essential cellular functions, such as replication, transcription, DNA repair and homologous recombination (Badrinarayanan et al., 2015; Magnan and Bates, 2015).

As single cell organisms, bacteria constantly adapt to ever changing environmental conditions. Typical examples of adverse environmental conditions include exposure to antibiotics, nutrient limitation, changes in physical parameters (pH, temperature, osmotic pressure), exposure to ultraviolet (UV) radiation or oxidative stress. As such conditions might influence control mechanisms governing chromosome dynamics (Golovlev, 2003; Tymeca-Mulik et al., 2017; Remesh et al., 2020), bacterial cells have developed highly advanced survival strategies to overcome the negative impact of the encountered stress. Those strategies enable them to adapt to unfavorable conditions, thereby allowing colonization of various ecological niches including host organisms (Boor, 2006; Hauryliuk et al., 2015). Previously, the acquisition of foreign DNA was suggested to impact on nucleoid structure as well (Krogh et al., 2018). However, the molecular mechanisms of how chromosome maintenance systems cope with such challenges and potentially help to overcome significant threats to genome stability, cell cycle regulation and viability, remain poorly understood.

This Research Topic represents a comprehensive collection of articles focusing on the influence of changing environmental conditions on bacterial chromosome dynamics, such as chromosome organization, replication, segregation and DNA repair.

On the topological level, dynamic organization of the nucleoid involves a tight balance between efficient compaction within the cell and concomitant accessibility to replication, transcription and DNA repair processes. Original research by Krogh et al. demonstrates the importance of chromosome architecture on transcriptional regulation in bacteria. Co-expression of genes was found to correlate positively with increased spatial proximity. This suggests that nucleoid structure, through the ability to bring genes together, strongly influences the amount of transcriptional spilling into neighboring genes.

Changing environmental conditions are known to induce profound topological alterations of the chromosome structure. NAPs (nucleoid associated proteins) have been shown to play a major role in adjusting bacterial chromosome architecture and affecting gene transcription regulation in response to stress, as reviewed by Holowka and Zakrzewska-Czerwinska.

Besides nucleoid organization, replication, transcription and DNA repair processes are by themselves sensitive to changing environmental conditions. In this context, Sinha et al. review the current understanding of molecular mechanisms underlying the negative impact of the stringent stress response regulator, (p)ppGpp, on chromosome replication initiation in Escherichia coli, and on chromosome replication elongation in Bacillus subtilis, respectively. In addition, they propose a model where (p)ppGpp-mediated survival during DNA damage is linked to the ability of (p)ppGpp to inhibit replication initiation, which minimizes the frequency of replication-transcription collisions, hence allowing backtracking of RNA polymerase to repair genotoxic DNA lesions. An additional facet of stringent response-mediated regulation of DNA replication initiation in bacteria is the polyphosphate-induced proteolysis and degradation of essential replication proteins, as reviewed by Ropelewska et al.

In most bacteria, DnaA-oriC dependent replication initiation is considered an essential mechanism. However, Ohbayashi et al. demonstrate variations in cyanobacterial chromosome replication mechanisms, manifested by regular/irregular GC skew profiles. Here, the genomes of certain free-living species are found not to encode dnaA, and instead chromosome replication in those organisms is initiated from multiple origins in a DnaA-independent manner. This replication mode produces irregular GC skew profiles, indicating that loss of DnaA-oriC dependencies might play a crucial role in cyanobacterial evolution.

In the context of elucidating novel DNA replication processes, Oliveira Paiva et al. revealed that a pathogen Clostridioides difficile utilizes a bipartite origin of replication, possibly conserved among Clostridioides species. Within this origin DnaA-dependent unwinding occurs at oriC2, in the dnaA-dnaN intergenic region.

During normal growth conditions, chromosome replication progression is tightly coordinated with simultaneous gene transcription. If, however, additional origins are engineered into different ectopic genomic locations, native replichore arrangements are disturbed and genome trafficking events, such as replication-transcription conflicts, might arise. Syeda et al. review current models of how such replication-transcription conflicts contribute to shaping of the distinct architecture of bacterial chromosomes.

Replication-transcription collisions also induce multiple repair pathways required to restart arrested replication forks. A novel insight into DNA repair mechanisms is brought by Sheng et al. who report that two recA variants are induced by UV in Myxococcus xanthus cells, each playing a different role in cell growth and UV-radiation resistance. Most bacteria, including E. coli, possess a single recA gene, and duplicate recA genes have been investigated only in Bacillus megaterium and Myxococcus xanthus. The findings of this research article, therefore, add a valuable insight onto the functional divergence among duplicated recA genes in bacteria.

Finally, chromosome segregation constitutes an essential stage of cell cycle progression, and ParA and ParB are known as main players in cellular positioning of the replication origin prior to cell division in most bacterial species. However, ParA and ParB have been shown to interact with proteins involved in cell division or cell elongation. Based on this, Pioro and Jakimowicz review evidence on the regulatory role of segregation proteins in cell cycle progression and cover the current understanding of its coordination with environmental conditions.

In conclusion, this Research Topic highlights a selection of original research- and review articles representing the current progress within understanding molecular survival strategies adopted by bacteria to preserve cell cycle regulation and genome integrity in response to changing environmental conditions. We kindly thank all contributors, authors as well as reviewers, for their valuable time, thoughts and input for this Research Topic published in the section of Evolutionary and Genomic Microbiology in Frontiers in Microbiology. We hope that the readers will enjoy their work as much as we have.
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Myxococcus xanthus DK1622 has two RecA genes, recA1 (MXAN_1441) and recA2 (MXAN_1388), with unknown functional differentiation. Herein, we showed that both recA genes were induced by ultraviolet (UV) irradiation but that the induction of recA1 was more delayed than that of recA2. Deletion of recA1 did not affect the growth but significantly decreased the UV-radiation survival, homologous recombination (HR) ability, and induction of LexA-dependent SOS genes. In contrast, the deletion of recA2 markedly prolonged the lag phase of bacterial growth and increased the sensitivity to DNA damage caused by hydrogen peroxide but did not change the UV-radiation resistance or SOS gene inducibility. Protein activity analysis demonstrated that RecA1, but not RecA2, catalyzed DNA strand exchange (DSE) and LexA autocleavage in vitro. Transcriptomic analysis indicated that RecA2 has evolved mainly to regulate gene expression for cellular transportation and antioxidation. This is the first report of functional divergence of duplicated bacterial recA genes. The results highlight the evolutionary strategy of M. xanthus cells for DNA HR and genome sophistication.
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INTRODUCTION

RecA, an ATP-dependent recombinase, is the core enzyme for DNA homologous recombination (HR), as well as being a promotion agent for LexA autolysis in bacteria (Lusetti and Cox, 2002). RecA also contributes to the repair of stalled and collapsed DNA replication forks by postreplication repair pathways (translesion DNA synthesis or template switching), playing an important role in DNA lesion tolerance pathways (Bichara et al., 2011; Quinet et al., 2017; Prado, 2018; Jaszczur et al., 2019). In addition, RecA participates in horizontal gene transfer between different strains (Lawrence and Retchless, 2009; Herrero-Fresno et al., 2015; García-Solache et al., 2016; He et al., 2016), which also causes genetic diversity. Thus, HR delicately balances genomic stability and diversity (Carr and Lambert, 2013; Greene, 2016). After binding to ssDNA, the RecA/ssDNA filament complex may serve as a signal of DNA damage, resulting in the self-cleavage of LexA, which activates the SOS response, increasing the expression of LexA-repressed genes. In the best characterized Escherichia coli SOS response, LexA autolysis derepresses the expression of more than 40 genes involved in DNA repair, mutagenesis, and many other cellular processes (Cox, 2003, 2007; Maslowska et al., 2019). Because of its pros and cons in genomic stability and variability, the functions of RecA are strictly regulated; for example, the function of RecA in E. coli is regulated at the gene transcription and protein activity levels. In the gene transcription induced by the SOS response, particularly, there is a 10–20 times difference in gene expression before and after induction (Cox, 1999, 2007).

Most bacteria, including E. coli, have a single recA gene, while some bacteria possess duplicate recA genes; however, duplicate recA genes have been investigated only in Bacillus megaterium and Myxococcus xanthus. In B. megaterium, duplicate recA genes were found to both be damage-inducible and similarly showed some DNA repair ability in E. coli (Nahrstedt et al., 2005). In the model strain of myxobacteria, M. xanthus DK1622, both RecA1 (MXAN_1441) and RecA2 (MXAN_1388) can partly restore the UV resistance of the E. coli recA mutant, and recA2, but not recA1, was found to be inducible by mitomycin or nalidixic acid (Norioka et al., 1995; Campoy et al., 2003). It is unclear how the duplicate RecA proteins play divergent functions in the DNA recombination and SOS induction in this organism.

In this study, we genetically and biochemically investigated the functions of RecA1 and RecA2 in M. xanthus. We found that both recA genes were inducible by UV irradiation but in different periods. The recA1 deletion had no significant effects on cellular growth but reduced the UV-radiation resistance and induction ability of the SOS gene. In contrast, the absence of recA2 did not affect irradiation resistance but significantly reduced bacterial growth and resistance to oxidative damage. In vitro protein activity analysis indicated that RecA1, but not RecA2, had the homologous strand exchange activity and was able to promote LexA autolysis. Transcriptomic analysis indicated that the recA2 gene was crucial for intracellular substance transport and antioxidant capacity. We discuss the molecular mechanisms for the functional divergence of the RecA1 and RecA2 proteins.



MATERIALS AND METHODS


Strains, Media, and DNA Substrates

The bacterial strains and plasmids used in this study are described in Supplementary Table S1. The E. coli strains were routinely grown on Luria-Bertani (LB) agar or in LB liquid broth at 37°C. The M. xanthus strains were grown in CYE liquid medium with shaking at 200 rpm or grown on agar plates with 1.5% agar at 30°C (Bretscher and Kaiser, 1978). When required, a final concentration of 40 μg/ml kanamycin (Kan) or 100 μg/ml ampicillin (Amp) was added to the solid or liquid medium.

Single-stranded viral DNA was isolated from M13mp18, and its 3 kb linear dsDNA was amplified by PCR and purified by a DNA purification kit (Tiangen, Beijing, China). A 60-nt oligomer from the M13 genome, 5′-CTG TCA ATG CTG GCG GCG GCT CTG GTG GTG GTT CTG GTG GCG GCT CTG AGG GTG GTG GCT-3′, was obtained from Tsingke Biotech (Qingdao). The 60-nt oligomer was 32P-labelled using a polynucleotide kinase (Ausubel et al., 1995) and stored in TE buffer (10 mM Tris–HCl, pH 7.0, and 0.5 mM EDTA).



Growth and Resistance Analysis

Myxococcus xanthus strains were grown in CYE medium with shaking at 200 rpm at 30°C to an optical density of 0.5 at 600 nm (OD600). Cells were then collected by centrifugation at 8000 rpm for 10 min, washed with 10 mM phosphate buffer (pH 7.0), and diluted to 1 OD600 in the same buffer.

For the radiation damage assay, cells in 10 mM phosphate buffer (pH 7.0) were irradiated at room temperature with a gradient dose from 0 to 200 J/m2 using a UV Crosslinker (Fisher Scientific). Then, the cells were resuspended in fresh CYE medium and incubated at 30°C for 4 h. After incubation, cells were harvested by centrifugation and either used for a further assay or stored at −80°C.

For the oxidative damage assay, cells were suspended in phosphate buffer (pH 7.0) with a concentration of 1 OD, and hydrogen peroxide (H2O2) was added to a final concentration from 1 to 5 mM. The bacterial suspension was incubated for 20 min at room temperature with gentle shaking. After treatment, the suspension was immediately 10-fold diluted in the same phosphate buffer to end the oxidative damage reaction. Then, cells in the suspension were collected for further assay.

The growth assay was determined by growing cells in liquid medium at 30°C. Strains were inoculated at 0.02 OD600 and grown in CYE media for 84 h with shaking at 200 rpm. The OD600 was read every 12 h.

The survival rate was determined by a soft agar colony formation assay. Briefly, to determine the cell survival rate, M. xanthus cells were grown to the early exponential growth stage (OD ≈ 0.5). The cells were treated with UV or H2O2 as described above and were then diluted with fresh medium and mixed at a 1:2 ratio with melted 0.6% soft agar (50°C). The mixture was then spread on CYE plates. After a few minutes for medium solidification, the cultures were incubated at 30°C until clone formation. The survival percentage was calculated as the number of colony-forming units (CFUs) (damaged) divided by the total number of CFUs (undamaged).



Homologous Recombination Assay

According to a previously reported method (Sheng et al., 2005), the recombination rate in M. xanthus was determined by measuring the probability of a resistance gene inserted into the genome through HR. The selected insertion site was located in the noncoding sequence between the MXAN_4466 and MXAN_4467 genes. Then, 500-bp fragments upstream and downstream of the insertion site were amplified with primers (UpF 5′-cacgggctacacgcaggtgcgggg-3′/UpR 5′-ttaagctttcgtttcagcggggactgcctgg-3′ and DownF 5′-caaagcttccaggcagtccccgctgaaacga-3′/DownR 5′-ggcatcgtccctggcggcggcgtgg-3′). The Kan resistance gene (kanR) with its promoter was simultaneously amplified from plasmid pZJY41 with primers 5′-gctgaagcttgtgctgaccccgggtgaat-3′/5′-agaagcttccagagtcccgctcagaagaac-3′. Then, the three DNA segments were linked by the HindIII site according to the arrangement of the upstream segment, resistance gene, and downstream segment. The linked DNA fragment was amplified with primers (UpF 5′-cacgggctacacgcaggtgcgggg-3′ and DownR 5′-ggcatcgtccctggcggcggcgtgg-3′) and quantitatively introduced into M. xanthus via electroporation (1.25 kV, 300 W, 50 mF, and 1 mm cuvette gap). A serial dilution was spread on CYE plates with or without Kan and incubated at 32°C for 72 h to count CFUs. The recombination ability was calculated by the following formula: recombination efficiency (%) = (CFUs with Cam/CFUs without Cam) × 100.



Genetic Manipulations

Escherichia coli plasmids were isolated by the alkaline lysis method, and the chromosomal DNA of E. coli or M. xanthus was extracted using a bacterial genome DNA extraction kit (Tiangen, Beijing, China). Cloning of the genes recA1, recA2, and lexA from M. xanthus was performed according to the general steps (Ausubel et al., 1995). The genes were amplified by PCR and ligated into the pET15b expression plasmid. The primers used here are listed in Supplementary Table S2.

Mutant construction was performed using the markerless mutation in M. xanthus DK1622, with the pBJ113 plasmid using the Kan-resistant cassette for the first round of screening and the galK gene for the negative screening (Ueki et al., 1996). Briefly, the up- and downstream homologous arms were amplified with primers (listed in Supplementary Table S2) and ligated at the BamHI site. The ligated fragment was inserted into the EcoRI/HindIII site of pBJ113. The resulting plasmid was introduced into M. xanthus via electroporation (1.25 kV, 300 W, 50 mF, and 1 mm cuvette gap). The second round of screening was performed on CYE plates containing 1% galactose (Sigma). The recA1 (named RA1) and recA2 (named RA2) mutants were identified and verified by PCR amplification and sequencing.

We attempted to construct the recA1/recA2 double mutant from the single deletion mutant (RA1 or RA2) using the same procedure as described above, but all failed.



RNA Extraction, RT-PCR, and RNA-Seq Assay

Total RNA of M. xanthus cells was extracted using RNAiso Plus reagent following the manufacturer’s protocol (Takara, Beijing, China). cDNA synthesis was performed using the PrimeScript RT Reagent Kit with random primers. The synthesized cDNA samples were diluted five times prior to RT-PCR. The primers were designed for lexA, recA1, and recA2 (Supplementary Table S2). RT-PCR was accomplished using the SYBR Premix Ex Taq Kit (Takara, China) on an ABI StepOnePlus Real-Time PCR System (ThermoFisher Scientific, United States). Gene expression was normalized to the gapA expression and calculated using the equation: change (x-fold) = 2–ΔΔCt (Schefe et al., 2006).

RNA sequencing was conducted by Vazyme (Beijing, China). Three independent repeats are set for each sample. All the up- and downregulated genes were obtained by comparing the expression of the genes with that of the control, and their gene functions were annotated using the NR, GO, and KEGG databases.



Protein Expression, Purification, and Characterization

The constructed expression plasmids with recA1, recA2, or lexA were introduced into E. coli BL21(DE3) competent cells. Protein expression was induced with 1 mM IPTG and purified with Ni-NTA agarose according to the manual of the Ni-NTA purification system (Invitrogen). After overnight dialysis with storage buffer [20 mM Tris–HCl (pH 7.2), 150 mM NaCl, 0.1 mM DTT, 0.1 mM EDTA, and 50% glycerol], the purified proteins were quantified and stored at −80°C.

The ATPase activity of RecA protein was determined in the presence or absence of DNA according to the methods described previously (Sheng et al., 2005). The final reaction mixture in a 2-ml volume contained: 20 mM Tris–HCl (pH 7.4), 10 mM NaCl, 5 mM MgCl2, 2 mM KCl, 3 mM ATP (Sigma), 1 mM CaCl2, 1 mM DTT, and 2% glycerol. The mixture was preheated to 32°C before the addition of RecA and DNA. ATPase activity was determined by measuring the free phosphate ion (Pi) released from ATP using an ultramicro ATPase activity detection kit (Nanjing Jiancheng Bioengineering, Nanjing, China).

In vitro LexA cleavage analysis was performed as described previously (Sheng et al., 2005).

D-loop assays for strand assimilation were performed according to the previously described methods (Cloud et al., 2012; Huang et al., 2017) with some modifications. Briefly, 0.2 μM RecA and 10 nM 32P-labelled ssDNA was combined in 9 μl of reaction buffer containing 25 mM Tris–HCl (pH 7.5), 75 mM NaCl, 5 mM MgCl2, 3 mM ATP, 1 mM DTT, and 1 mM CaCl2 and incubated at 37°C for 5 min. Then, 1 μl of RF M13 plasmid was added to a final concentration of 1 μM, and the incubation at 37°C was continued for 20 min. The reaction was stopped by adding sodium dodecyl sulfate to 0.5% and proteinase K to 1 mg/ml. The deproteinated reaction products were run on a 0.9% agarose 1× TAE gel and visualized using autoradiography with phosphor screen.

In vitro DNA strand-exchange reactions were performed as described previously (Sheng et al., 2005).



RESULTS


Duplicate recA Genes in M. xanthus Are Both Induced by UV Irradiation

The two RecA proteins of M. xanthus DK1622 are highly conserved and are both homologous to the RecA protein of E. coli K12 (EcRecA). The two RecA coding genes have high G+C contents (66 and 65%, respectively); the amino acid identity of RecA1 and RecA2 is 64.6%, and they are 59.36 and 62.04% to EcRecA, respectively. Similar to EcRecA (Story et al., 1992; Lee and Wang, 2009), RecA1 and RecA2 consist of three structural domains, a small N-terminal domain (NTD), a core ATPase domain (CAD), and a large C-terminal domain (CTD). CAD contains the conserved ATPase Walker A and Walker B domains and L1 and L2 DNA-binding domains (Figure 1A). The CAD of RecA1 and RecA2 are highly conserved, while the NTD and CTD are varied. Compared with EcRecA, the two RecA proteins of M. xanthus have more basic amino acids, and the theoretical isoelectric points [pI, calculated by online software (ExPASy – Compute pI/Mw tool)] of RecA1 and RecA2 are 7.04 and 6.5, respectively; EcRecA is more acidic, with a theoretical pI of 5.09 (Figure 1B). Differences in the amino acid composition suggested that the RecA1 and RecA2 proteins might vary in their functions.
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FIGURE 1. Amino acid sequence comparison of RecA proteins. (A) Alignment of M. xanthus RecA1 and RecA2 and E. coli RecA (EcRecA, b2699). Positions of the N-terminus (NTD) and the C-terminus (CTD) domains are indicated with red arrows, respectively. Their secondary structures all contain 13 alpha-helixes and 13 beta-sheets, which are indicated above their corresponding amino acid sequences. The ATP binding Walker A and B motifs are marked in green frames, and the putative DNA binding sites Loop L1 and L2 are indicated by underlines of the corresponding amino acid sequences. Two reported LexA binding sites (G229 and R243) are indicated by black arrows. K23 and R33 in the N-terminal region of EcRecA are labeled with red boxes. (B) The pI features of the domains of the three RecA proteins. The theoretical pI values were computed using ExPASy online tools (Compute pI/Mw).


The SOS response of M. xanthus cells to DNA damage can be divided into LexA-dependent and -independent types (Campoy et al., 2003). The LexA-dependent SOS genes, e.g., lexA, typically possess a LexA-box sequence in their promoters. Each of the two recA genes of M. xanthus has its own promoter and is not a part of an operon. A typical LexA-box sequence was found in the promoter of recA2 but not in the recA1 promoter (Figure 2A). Previous studies reported that recA2 was obviously induced by nalidixic acid and mitomycin C but that recA1 was not induced by mitomycin C (Norioka et al., 1995; Campoy et al., 2003). We treated M. xanthus cells with 15 J/m2 UV irradiation, which is also a normal induction agent for investigating the bacterial SOS response (Courcelle et al., 2001; Rastogi et al., 2010; Richa et al., 2015). RT-PCR revealed that lexA and recA2 were upregulated by 8.3 times and 10.7 times, respectively, 4 h after UV irradiation at 15 J/m2 (Figure 2B). Interestingly, the recA1 gene was also UV-induced by 6.4 times. The basal expression level of recA1 was very low and was less than one-tenth that of recA2. The low expression level of recA1 might be the reason why the expression of recA1 was not detected by Northern blotting (Norioka et al., 1995). The generation time of M. xanthus cells is about 3–4 h in the exponential growth stage. We found that the induction of recA2 peaked at approximately 3 h after UV treatment, whereas the induction time of recA1 was delayed and peaked 5 h after the treatment (Figure 2C). The different expression levels and induction time points implied that the two RecA proteins participate in the repair of different types of DNA damage caused by UV irradiation.
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FIGURE 2. Organization and UV inducibility of the recA1 and recA2 genes of M. xanthus DK1622. (A) Schematic gene location and promoter alignment of M. xanthus recA1 and recA2. RNA polymerase binding sites (–10 and –35 regions) are underlined, and the corresponding nucleotide sequences are in capitals. The SOS box regions are framed in red squares, and the sequence in the promoter of the lexA gene (MXAN_4446) was used as a control. (B) UV inducibility of recA1 and recA2. The strains were incubated for 4 h after UV irradiation treatment with a dose of 15 J/m2 in a UV crosslinking machine and used to detect transcription of recA1 and recA2 by RT-PCR. lexA was used as a control. (C) The induction time points of recA1 and recA2. After being exposed to UV irradiation at a dose of 15 J/m2, the cell cultures were post-incubated at 30°C, sampled at certain intervals to extract the total RNA for RT-PCR. The error bars in panels B and C represent means ± SEM (n = 3, p < 0.05 versus inner reference).




Inactivation of recA2 Compromises the Growth of M. xanthus Cells

In previous studies, recA2 deletion mutants were not obtained in either M. xanthus or B. megaterium (Norioka et al., 1995; Campoy et al., 2003; Nahrstedt et al., 2005). However, in this study, we successfully obtained the deletion mutant of both recA1 and recA2 in M. xanthus, named RA1 and RA2, respectively (Figure 3A). According to the two-step screening method employed, the acquisition probability from reverse screening was ∼10–6 for the deletion of recA1 and ∼3.3 × 10–10 for the deletion of recA2, and this may be the reason why it is difficult to make a recA2 mutant. At present, there is no evidence of a suppressor mutation, which may be required to achieve the deletion of recA2. However, although more evidence is needed, we speculate that the difficulty in the screening of RA2 is probably related to the function of RecA2 in growth. We also tried to construct the double knockout mutant of recA1 and recA2 but failed, and this might be because the double mutation had a serious impact on cell survival and was synthetically lethal. recA1 deletion had no significant effects on cellular growth, but deletion of recA2 caused the mutant to have a long lag phase. After the lag phase, growth of the RA2 mutant did not slow down significantly in the logarithmic phase, and the mutant culture reached a similar density as wild-type DK1622 (Figures 3B,C).
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FIGURE 3. Mutations of recA1 and recA2, and their effects on the growth of M. xanthus. (A) Deletion of recA1 or recA2 in M. xanthus DK1622, using the markerless knockout plasmid pBJ113, producing the RA1 or RA2 mutants. The deletion was verified by PCR using their primer pairs (upF/downR) and sequencing. (B) Separate growth comparisons of DK1622, RA1, and RA2 with and without UV treatment at a dose of 15 J/m2. (C) Separate growth comparisons of DK1622, RA1, and RA2 with and without the H2O2 treatment at a final concentration of 3 mM for 15 min. The error bars indicate the SEM for six replicates.


When treated with 15 J/m2 UV irradiation, compared with those without UV treatment, the growth abilities were delayed in DK1622, RA1, and RA2 cells, and the growth delay was more notable in RA2 (Figure 3B). When treated with 3 mM H2O2 for 15 min, DK1622 and RA1 cells showed almost the same growth curve, while the growth of RA2 cells was delayed significantly compared with that of the strains without the treatment (Figure 3C). The results demonstrated that recA2, but not recA1, is an important factor for cell growth after UV irradiation and oxidation damage.



recA1 and recA2 Are Separately Crucial for UV Resistance and H2O2 Resistance

We measured the survival rates of the wild-type strain and the recA deletion mutants treated with different dosages of UV irradiation (0–25 J/m2) and H2O2 (1–5 mM). All three strains had decreased survival rates with increasing UV irradiation or H2O2 concentration. Interestingly, the survival rate of RA1 cells decreased more significantly than that of RA2 at each UV-radiation dosage, which had a highly similar survival curve to the wild-type strain (Figure 4A). In addition, the survival rate of RA2 cells decreased more significantly at each H2O2 concentration than that of RA1 and DK1622 cells, which showed similar survival curves when treated with hydrogen peroxide (Figure 4B). Thus, RecA1 is needed for the survival of M. xanthus cells under UV irradiation, which is similar to that of EcRecA (Alexseyev et al., 1996), whereas RecA2 is involved in tolerance to H2O2 damage in cells.
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FIGURE 4. Survival of M. xanthus wild-type strain DK1622 and the mutants RA1 and RA2. (A) Survival curves after exposure to UV irradiation at different dosages (0–25 J/m2). (B) Survival curves after hydrogen peroxide treatment at different concentrations (0–5 mM). The percentage of surviving cells was calculated by comparing with the corresponding non-treated cells. The error bars indicate the SEM for six replicates.




RecA1, Not RecA2, Is Responsible for HR and LexA-Dependent SOS Induction

DNA HR and SOS induction are the two main cellular functions of the RecA proteins (Cox, 2003). We analyzed the in vivo integration abilities of an antibiotic resistance gene into the genomes of the DK1622, RA1, and RA2 strains. Calculated from the appearance of resistant colonies, the recombination rate of RA1 cells was significantly lower than that in either DK1622 (p = 0.0088) or RA2 (p = 0.0157) cells, while the differences between the recombination rates of RA2 and DK1622 cells were not significant (p = 0.1049) (Figure 5A). The results showed that recA1 is important for the recombination process in M. xanthus.
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FIGURE 5. Intracellular DNA recombination rate and induction analysis of the lexA gene. (A) The cellular recombination rate of DK1622, RA1, and RA2. The two ends of the resistance gene (kan) have homologous DNA sequences with the two ends of the insertion site, respectively, and the kan gene is transferred into the M. xanthus through electrical transformation. The recombination rate was calculated by measuring the proportion of kanamycin-resistant colonies. (B) The inducibility of the lexA gene. Myxococcus lexA is a known SOS gene induced through LexA-dependent SOS response, and herein, its UV inducibility represents the activation of LexA-dependent SOS response. The strains were irradiated with 15 J/m2 UV irradiation (+) or mock treatment (–), and the transcription of lexA was determined by RT-PCR.


Previous studies indicated that the expression of lexA is induced by the LexA-dependent SOS response in M. xanthus (Norioka et al., 1995). We compared the transcription of lexA in the M. xanthus DK1622, RA1, and RA2 strains in response to the 15 J/m2 UV irradiation treatment. The RT-PCR results showed that lexA could be induced by UV in both DK1622 and RA2 but not in the RA1 mutant (Figure 5B). Thus, the deletion of recA1, rather than recA2, affected the UV-induction of lexA, i.e., RecA1 is responsible for LexA-dependent SOS induction.



RecA1 and RecA2 Both Have ss- and ds-DNA Promoted ATPase Activities

We further expressed and purified the RecA1 and RecA2 proteins (Figure 6A) and measured their in vitro ATPase activities by the quantitative analysis of inorganic phosphorus released from ATP hydrolysis (Figure 6B). In the reaction mixture without the addition of DNA, RecA1 and RecA2 both exhibited low ATPase activities, and the ATPase activity of RecA2 was somewhat higher than that of RecA1. For example, a microgram of purified RecA2 released 0.1428 nanomole Pi in an hour, which is approximately 2.44 times the hydrolysis capacity of RecA1 on ATP (0.0586 nmol Pi/μg/h). The addition of DNA, especially ssDNA, markedly promoted the ATPase activity of both RecA1 and RecA2, and this is consistent with the functionality of classic RecA proteins (Cox, 2003; Greene, 2016). Thus, RecA1 and RecA2 are both DNA-dependent (more dependent on ssDNA) ATPase enzymes. In the presence of DNA (dsDNA or ssDNA), the increase in the ATPase activity of RecA1 was higher than that of RecA2. For example, the ATPase activity of 1 ng RecA1 increased by 10.69 times (from 0.0586 to 0.6265 nmol Pi/μg/h) with the addition of ssDNA, while the increase of that in RecA2 was only double (from 0.1428 to 0.2857 nmol Pi/μg/h). Similarly, the addition of dsDNA increased the ATPase activities of RecA1 and RecA2 by 6.89 times (from 0.0586 to 0.4038 nmol Pi/μg/h) and 1.86 times (from 0.1428 to 0.2658 nmol Pi/μg/h), respectively.
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FIGURE 6. Expression and activity analysis of RecA proteins. (A) Expression and purification of RecA1 and RecA2. M, marker; C, control; WCP, whole-cell protein; E, eluent of purified protein. (B) Assays of ATPase activities. The ATPase activity was determined by measuring free phosphate ion (Pi) released from enzymolysis of ATP. The error bar is calculated from three independent repeats. (C) D-loop assay. A 60-nt 32P-labeled ssDNA fragment and a superhelical dsDNA (RF M13) sequence were mixed and incubated with and without the addition of purified RecA1 or RecA2 proteins. If the protein has HR activity, the homologous pairing reaction will be initiated, thus forming the ssDNA–dsDNA complex. Bovine serum albumin (BSA) was used as a control. Relative DNA-labeled intensities of the bands were quantified by a Gel-Doc image analysis system (Bio-Rad). The percentage of loop-DNA-labeled intensity in the total labeled intensity (including the labeled strength in ssDNA, loop-DNA, and residual DNA in the origin) was used to quantitate the RecA activity. (D) The promotion ability of RecA1 (left) or RecA2 (right) on the cleavage of LexA proteins. The MxLexA protein was incubated with gradient concentrations of RecA1 or RecA2 proteins in the presence of ssDNA and ATP. Reactions were stopped and visualized on a 1.2% SDS-PAGE gel stained with Coomassie brilliant blue. The bands were quantified by computerized image analysis (Bio-Rad), and the percentage of LexA fragments in the total LexA signal in every lane was used to quantify the ability of RecA to stimulate LexA autocleavage.




RecA1, but Not RecA2, Has in vitro HR Capacity and Activates LexA Autolysis

Strand invasion or D-loop formation is a central step in HR and is one of the most common biochemical assays for characterizing the activity of RecA-type recombinase (Cox, 2003; Greene, 2016; Huang et al., 2017). We analyzed the in vitro recombination activities of RecA1 and RecA2 in a DNA strand recombination reaction system containing 32P-ssDNA and homologous plasmid dsDNA. The reaction products were separated by agarose gel electrophoresis, and a lagged radiolabeling band appeared in the lane containing purified RecA1 but that with not RecA2 (Figure 6C). Furthermore, DNA strand exchange (DSE), another characteristic reaction for RecA-catalyzed HR with single-stranded circular DNA and its homologous double-stranded linear DNA, was used to identify the recombination activity of RecA1 and RecA2 (Supplementary Figure S5). The joined molecule DNA (jmDNA) appeared and increased as a recombinant product with the gradient addition of the RecA1 protein but not with that of the RecA2 protein. The above results indicated that RecA1, but not RecA2, has HR activity in M. xanthus, and these results are consistent with the in vivo recombination results (Figure 5A).

RecA promotes LexA autolysis at a specific site, thereby enabling the expression of SOS genes inhibited by LexA (Janion, 2008; Kovačič et al., 2013). We monitored the LexA cleavage activity promoted by RecA1 and RecA2, using the M. xanthus LexA protein as a substrate. The results showed that the LexA autolysis fragments were detected in the reaction with RecA1 but not that with RecA2 (Figure 6D). Thus, RecA1 participated in the LexA-dependent SOS induction reaction, and this is also consistent with the RA1 mutant losing the induction ability of the SOS gene lexA (Figure 5B).



DISCUSSION

RecA is an ATP-dependent recombinase central to DNA HR and activation of the LexA-dependent SOS response. Although the recA gene is duplicated in some bacterial cells, its functions have not been investigated. In M. xanthus DK1622, the expression of recA1 is very low and is less than one-tenth of that of recA2. The two recA genes are both inducible by UV irradiation, but the induction of recA2 was significantly earlier than that of recA1 and recN (Supplementary Figure S6). Generally, the DNA repair genes expressed in the early and late stages of SOS are responsible for the error−free repair and maintenance processes and error-prone DNA synthesis against serious DNA damage, respectively (Kuzminov, 1999; Janion, 2008; Maslowska et al., 2019). Thus, the two RecA proteins are both involved in UV resistance, probably for different lesions caused by UV irradiation (Sinha and Häder, 2002); RecA2 is involved in the early repair processes, and RecA1 is involved in serious DNA-damage repair, i.e., post-replication repair. The deletion of recA2 caused the mutant to have a long lag phase, but the recA1 deletion had no significant effect on cellular growth. It is known that the growth lag phase is an adaptation period of bacterial cells to changes in temperature and nutrients in new environments (Monod, 1949; Vermeersch et al., 2019), macromolecule damage repair, and protein misfolding accumulated during cell arrest (Dukan and Nyström, 1998; Saint-Ruf et al., 2007; Rolfe et al., 2012; Bertrand, 2019), and enzyme preparation for rapid growth in the logarithmic phase (Monod, 1949; Rolfe et al., 2012). Thus, RecA2, instead of RecA1, plays a crucial role in the repair process required for cellular growth. Similar to the classic bacterial RecA, RecA1 possesses DNA recombination activity and SOS gene induction ability, which are required for survival under UV irradiation. However, RecA2 has lost its HR and SOS gene induction abilities but has evolved to play roles in the regulation of gene expression for cellular growth as well as cellular survival under oxidation pressure by hydrogen peroxide. This is the first study to clearly determine the divergent functions of duplicated recA genes in bacterial cells.

To obtain more clues about the potential mechanisms of RecA2 in M. xanthus, we compared the transcriptomes of the recA2 mutant strain (RA2) and wild-type strain DK1622. Overall, 79 genes were found to be differentially expressed (padj. < 0.05) by the deletion of recA2, and this included 60 upregulated genes and 19 downregulated genes (Figure 7A; for details, refer to Supplementary Table S3). Gene ontology (GO) enrichment analysis based on the KEGG database showed that the differentially expressed genes (DEGs) were assigned to 30 GO terms in the categories of biological process, cellular component, and molecular function (Figure 7B). Obviously, the biological process DEGs formed the largest group and included 17 GO terms, followed by the molecular function (10 GO terms) and cellular component (three GO terms) groups (Figure 7B). The DEGs were mainly enriched in two functional regions. One is related to transport and location, including the categories of transport (14 genes), localization and establishment of localization (28 genes), transmembrane transport (five genes), and protein transmembrane transport (three genes). The other category is related to antioxidation and includes the categories of oxidoreductase activity (three genes), peroxiredoxin activity (two genes), ferric iron binding (two genes), antioxidant capacity (three genes), and catalase (one gene). These DEGs were significantly enriched in ABC transporters and several metabolism-related pathways, such as methane metabolism, biosynthesis of secondary metabolites, and metabolic pathways (Figure 7C). Combining this with the experimental results presented in this study, we propose that the function of recA2 is mainly related to cellular transportation and antioxidation, which are required for the normal growth of cells.
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FIGURE 7. Comparison of transcriptomes between the recA2 mutant (RA2) and the wild-type strain (DK1622). (A) Volcano plot of differentially expressed gene (DEG) distributions. Red dots and green dots represent the up- and down-regulated genes with significant differences, respectively (padj. < 0.05). The blue dots represent the genes that have not changed significantly. (B) The distribution of GO category and (C) pathways of DGEs between RA2 and DK1622. Enriched GO is shown in three categories: biological process (blue), molecular function (green), and cellular component (orange).


RecA1 and RecA2 are both homologous proteins with E. coli RecA. They both retain the DNA-dependent ATPase activity and self-aggregation ability of E. coli RecA (Figure 6B and Supplementary Figure S7), and the interaction between RecA1 and RecA2 may even be due to the conserved self-aggregation sites. On the other hand, these two proteins also showed significantly different activities in DNA recombination and LexA autocleavage. Amino acid sequence alignment showed that the RecA1 and RecA2 amino acid sequences are highly similar in the CAD, and are mainly varied in the NTD and CTD (Figure 1A). Lys23 and Arg33 in the N-terminal region are both necessary for the nucleoprotein filament of RecA–ssDNA to capture homologous dsDNA (Lee and Wang, 2009). The corresponding amino acids at the two sites are both alkaline arginine residues in RecA1, which is consistent with that in EcRecA. In RecA2, however, the amino acids at the two sites are arginine and proline, respectively (Figure 1A). We aligned the N-terminal sequences of 11 reported bacterial RecA proteins. The amino acids at the corresponding 23rd site are all alkaline amino acids but are less conserved at the 33rd site (Supplementary Figure S1). Nine RecAs, including RecA1 of M. xanthus, have positively charged residues (Arg or Lys) at the 33rd site, while three RecAs, including RecA2 from M. xanthus, RecA from Prevotella ruminicola (Aminov et al., 1996), and RecA from Borrelia burgdorferi (Huang et al., 2017), did not have the positively charged residues at this site. RecAs with an alkaline amino acid at the 33rd site all have DNA recombination activity (Sano and Kageyama, 1987; Nussbaumer and Wohlleben, 1994; Umelo et al., 1996; Cox, 1999; Kim et al., 2002; Orillard et al., 2011; Grove et al., 2012; Carrasco et al., 2019). However, similar to RecA2, RecAs from P. ruminicola and B. burgdorferi were reported to have no anti-ultraviolet radiation ability (Aminov et al., 1996; Huang et al., 2017). The results presented in this study demonstrate that RecA2 of M. xanthus evolved to affect the genes for cellular transportation and antioxidation, which are obviously related to damage repair for cellular growth.

As in E. coli RecA (Lusetti et al., 2003; Kovačič et al., 2013), RecA 1 and RecA2 both have conserved LexA binding sites, including Gly229 and Arg243, in their C-terminal regions and 10 neighboring amino acids (Figure 1A), which, however, does not explain the differences between the two proteins in promoting LexA autolysis. Notably, while the three domains of EcRecA are all acidic, the NTD of RecA1 and the CAD of RecA2 are alkaline, with pI values of 9.82 and 8.40, respectively. Accordingly, RecA1 forms more negative charges on the outer side of the polymer, while RecA2 forms more negative charges on the inner side of the helical structure (Supplementary Figure S2). We noted that, unlike the E. coli LexA (EcLexA) protein, which is an acidic protein [theoretical pI is 6.23, calculated by online software (ExPASy Compute pI/Mw tool)], M. xanthus LexA (MxLexA) is a basic protein, and its theoretical pI is 8.77. EcLexA and MxLexA are conserved in their catalytic and DNA binding domains, and the differences between the two proteins lie mainly in the linker region (Supplementary Figure S3). The EcLexA linker contains more acidic amino acids (theoretical pI = 3.58), while the linker of MxLexA contains more basic amino acids (theoretical pI = 8.75). In addition, MxLexA has two more fragments flanking the linker sequence. The additional fragment at the N-terminal side destroys the β2 folding structure and further lengthens the irregular linker of MxLexA, leading to a long irregular chain containing more basic amino acids (theoretical pI = 12.01). According to the binding mode between EcLexA and EcRecA (Kovačič et al., 2013), the linker region of LexA is close to the inner groove of the RecA protein filament (Supplementary Figure S4). The inner helix part of RecA2 (in the CAD) is alkaline (Supplementary Figure S2B), which hinders MxLexA binding to the RecA filament and thus hinders its ability to promote MxLexA self-cleavage.

Myxobacteria has a relatively large genome size (9–14 Mbp) and contains many DNA repeats (Goldman et al., 2006; Andersson and Hughes, 2009; Han et al., 2013). These repetitive DNA fragments are potential substrates for RecA-catalyzed HR. Functional divergence of duplicate RecA proteins and low expression of the recombination enzyme RecA1 reduce the DNA recombinant activity without affecting other cellular repair functions in M. xanthus (such as the functions carried out by RecA2). In the sequenced myxobacterial genomes (Supplementary Table S4), all the strains, except Anaeromyxobacter, harbor two recA genes, and their amino acid sequences are highly conserved. For example, the amino acid identities of RecA1 and RecA2 of all Myxococcus are >89.4 and 93.6%, respectively. The Anaeromyxobacter strains have a single recA gene in their genomes; however, their genomes are small (5.0–5.2 Mbp) and possess few repetitive sequences. We propose that the functional divergence and expression regulation of duplicate RecA proteins might be a strategy for bacteria with a large number of repetitive sequences in their large genomes to avoid incorrect recombination.
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The bacterial chromosome must be efficiently compacted to fit inside the small and crowded cell while remaining accessible for the protein complexes involved in replication, transcription, and DNA repair. The dynamic organization of the nucleoid is a consequence of both intracellular factors (i.e., simultaneously occurring cell processes) and extracellular factors (e.g., environmental conditions, stress agents). Recent studies have revealed that the bacterial chromosome undergoes profound topological changes under stress. Among the many DNA-binding proteins that shape the bacterial chromosome structure in response to various signals, NAPs (nucleoid associated proteins) are the most abundant. These small, basic proteins bind DNA with low specificity and can influence chromosome organization under changing environmental conditions (i.e., by coating the chromosome in response to stress) or regulate the transcription of specific genes (e.g., those involved in virulence).
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INTRODUCTION

Bacteria have developed a plethora of strategies to inhabit nearly every environment on Earth (Boor, 2006). To survive, bacteria must quickly adapt to changing environmental conditions. To date, dozens of group- or species-specific and universal adaptive mechanisms have been uncovered (Anderson and Kendall, 2017; Singh, 2017; Bussi and Gutierrez, 2019). Among them, changes in the architecture of the entire chromosome or particular chromosome regions (e.g., gene promoters) appear to be the most rapid and effective adaptation strategies, particularly in response to sudden stress (Boor, 2006; Morikawa et al., 2006; Trojanowski et al., 2019). Such a response is apparently universal, as it has been observed in many of the bacterial species investigated to date.

To fit the bacterial chromosome along with all associated proteins and RNA inside a tiny cell, the DNA has to be compacted more than 1000-fold (Murphy and Zimmerman, 1995). The nucleoid exhibits a multi-level hierarchical structural organization similar to that of eukaryotic chromatin (Macvanin and Adhya, 2012; Badrinarayanan et al., 2015; Verma et al., 2019; Dame et al., 2020). In the model organism, Escherichia coli, the 4.6-Mb chromosome is organized into four structural macrodomains (Ori, Ter, Left, and Right chromosomal arms) and the two unstructured regions, each of which consists of small (average ∼10 kb) topologically independent microdomains (Postow et al., 2004; Valens et al., 2004; Espeli et al., 2008). This hierarchical structure maintains the global nucleoid organization and ensures the accessibility of particular chromosomal regions for DNA-dependent processes, such as replication, transcription, DNA repair, and recombination. The organization of the highly compacted yet dynamic nucleoid structure reflects the input of many different factors, including molecular crowding, depletion forces, DNA supercoiling, and nucleoid-associated proteins (NAPs) (Luijsterburg et al., 2006; de Vries, 2010; Dillon and Dorman, 2010; Jeon et al., 2017; Joyeux, 2019). The NAPs are small basic proteins that help compact the DNA into microdomains and also act as global regulators of transcription (Shahul Hameed et al., 2019). A great deal of studies indicated that NAPs play crucial roles in the ability of a bacterium to adapt to unfavorable conditions, particularly stress (Atlung and Ingmer, 1997; Nguyen et al., 2009; Kahramanoglou et al., 2011; Mangan et al., 2011; Datta et al., 2019). Under stress conditions, some NAPs can function as “rapid reaction forces” by introducing DNA topology changes that protect DNA or alter the transcriptional profile, particularly with respect to genes that are crucial for bacterial survival.

Here, we provide a mini review of the NAP-mediated rapid adaptation strategies that bacteria use to endure unfavorable conditions.



NUCLEOID DYNAMICS ARE ORCHESTRATED BY NAPS

The proper balance between chromosome compaction and the availability of chromosomal regions for the protein complexes involved in different cellular processes depends mainly on the DNA binding activity of NAPs (Krogh et al., 2018; Flores-Ríos et al., 2019). These small basic proteins can condense chromosomal DNA by bending, wrapping, and/or bridging relatively distant DNA strands (Luijsterburg et al., 2006; Dillon and Dorman, 2010). They all possess dimerization/oligomerization domains that facilitate chromosome coating and binding within the chromosomal regions to create inflexible filaments. Most NAPs show rather low sequence specificity for binding; however, their binding sites are often AT-rich, which is a characteristic feature of gene promoters (Kahramanoglou et al., 2011; Prieto et al., 2012; Odermatt et al., 2018). All bacterial species possess NAPs, some of which are unique for a given genus and/or species (Datta et al., 2019; Gehrke et al., 2019; Liu et al., 2019). The NAPs of E. coli are the best studied examples (Wold et al., 1996; Ali Azam et al., 1999; Ryan et al., 2002; Dillon and Dorman, 2010; Verma et al., 2019). The main NAPs include HU (heat-unstable protein), IHF (integration host factor), H-NS (histone-like nucleoid structuring protein), Lrp (leucine-responsive regulatory protein), Fis (factor for inversion stimulation), and Dps (DNA-binding protein from starved cells) (Luijsterburg et al., 2006; Wang et al., 2011). These NAPs can be divided based on their DNA-binding modes (Figure 1): HU, IHF, Fis, and Dps organize the chromosome by inducing bends into the DNA; H-NS can bridge two DNA strands; and in the case of Lrp, DNA is wrapped around the protein complex, enabling the joining of distant DNA strands. These DNA-binding activities of NAPs induce both topological and structural changes in the chromosomal DNA to ensure its proper compaction inside the cell. In addition to their architectural roles, NAPs are also involved in cellular processes, such as transcription (H-NS), DNA replication (HU, IHF, Fis), and DNA recombination, repair, and SOS response (HU) (Wold et al., 1996; Atlung and Ingmer, 1997; Kamashev and Rouviere-Yaniv, 2000; Ryan et al., 2002; Shahul Hameed et al., 2019). Given the variety of the functions overseen by NAPs, it is unsurprising that their expression pattern differs during growth (see Figure 1; Ali Azam et al., 1999; Dillon and Dorman, 2010; Verma et al., 2019). During the exponential phase of growth, the most abundant NAPs in E. coli include HU and Fis (Wold et al., 1996; Ryan et al., 2002; Kivisaar, 2020). Cells in the stationary phase produce NAPs that can most effectively condense the chromosome (e.g., Dps) (Calhoun and Kwon, 2011; Sato et al., 2013). Some NAPs (e.g., H-NS) are consistently expressed at a relatively low level, rendering them available to alter the expression of certain genes under a given stimulus (Shahul Hameed et al., 2019). NAPs have been shown to change the transcriptional profile of the cell (Atlung and Ingmer, 1997; Kahramanoglou et al., 2011), and this reportedly reflects their DNA-binding preferences. Recent studies have shown that, in addition to their growth-phase-dependent expression, some NAPs undergo posttranslational modifications (e.g., phosphorylation, acetylation, pupylation, succinylation) (Gupta et al., 2014; Ghosh et al., 2016; Okanishi et al., 2017; Dilweg and Dame, 2018). Acetylation and phosphorylation of basic residues (particularly those within the DNA-binding domain) will tend to neutralize or negatively shift the overall protein charge, respectively, which in turn decreases the DNA-binding activity of the modified NAP. Such additional control could be essential in the case of stress conditions, when the binding patterns of certain NAPs must be changed (Dilweg and Dame, 2018). The variety of NAPs and their balanced expression and activity regulation ensure the availability of chromosomal regions involved in cellular processes and enable the cell to adapt to various environmental and stress conditions. A rapid reaction to stress, which is crucial for the cell’s ability to survive, mostly relies on NAPs DNA binding activity. By influencing gene expression and/or coating the chromosomal DNA, NAPs help the cell quickly react to changing conditions and thereby protect the DNA from damage.
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FIGURE 1. Chromosome organization during the growth of Escherichia coli. The expression patterns of E. coli NAPs reflect the chromosome compaction level (higher in the stationary than in the exponential phase) and cellular processes that involve certain NAPs (Ali Azam et al., 1999; Luijsterburg et al., 2006; Dillon and Dorman, 2010). See text for a detailed description.




NAPS EXHIBIT NUCLEOID-PROTECTING ACTIVITY UNDER STRESS CONDITIONS

Bacteria have developed numerous mechanisms to mount stress responses that enable the cell to adjust to changing conditions in various habitats (Boor, 2006; Bleuven and Landry, 2016). Saprophytic species living in soil or water are constantly subjected to potentially stressful environmental conditions, such as UV radiation, cold shock, heat shock, drying, and nutrient limitation. Some species survive by forming spores or endospores that can start a new population in a different niche and/or under more favorable conditions. Pathogens, meanwhile, have developed many sophisticated mechanisms that enable them to live inside the host cells (e.g., Mycobacterium tuberculosis, an etiological agent of tuberculosis, can survive within host alveolar macrophages for decades) (Bussi and Gutierrez, 2019). Most pathogenic species must face stress factors that reflect the host defenses mechanisms, such as low pH, oxidative stress, hypoxia, and limited nutrient availability (Anderson and Kendall, 2017; Singh, 2017; Bussi and Gutierrez, 2019; Datta et al., 2019). Beyond the systems that specifically cope with stress (e.g., the general stress response involving alternative sigma factors, the stringent response), the immediate protection comes from the NAPs (see Figure 2; Boor, 2006; Boutte and Crosson, 2013).
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FIGURE 2. Involvement of NAPs in stress responses. (A) General mechanisms through which NAPs act in response to a stress factor (Dillon and Dorman, 2010; Meyer and Grainger, 2013; Kriel et al., 2018; Trojanowski et al., 2019). (B) Examples of the homologs of the canonical E. coli NAPs involved in the cellular response triggered upon detection of stress conditions.


The cellular response will vary depending on the level, type, and duration of the perceived stress; such a response might range from the activation of precise mechanisms to the initiation of a global protective reaction that involves the whole nucleoid (Figure 2A; Atlung and Ingmer, 1997; Morikawa et al., 2006; Sato et al., 2013; Gehrke et al., 2019). The M. smegmatis nucleoid shrinks upon antibiotic treatment; this preserves the structure and integrity of the nucleoid and allows the cell to revive after the inhibitor removal (Trojanowski et al., 2019). Such tight chromosome compaction is also observed in the transition to the stationary phase, when the cells are shorter and there is much less room for the nucleoid (Meyer and Grainger, 2013). Some NAP family proteins can coat the whole chromosome; for example, HU can bind along the whole chromosome, although it prefers AT-rich regions and certain DNA structures (e.g., Holliday junctions, replication forks) rather than specific motifs (Kamashev and Rouviere-Yaniv, 2000; Bahloul et al., 2001). Deinococcus radiodurans is an extremophilic organism that is highly resistant to radiation of any type (e.g., ionizing radiation, UV light) (Makarova et al., 2001). Its genome encodes three HU protein homologs that contribute to the survival of this bacterium in unfavorable conditions (Nguyen et al., 2009). The homolog of E. coli HU protein encoded in the genome of pathogenic Helicobacter pylori also shows protective activity toward the chromosomal DNA, and a mutant strain lacking this HU-like protein exhibits increased sensitivity to oxidative and acid stress and decreased survival inside macrophages (Wang et al., 2012). The E. coli IHF protein shows a DNA-binding profile similar to that of HU (Azam et al., 2000; Wang et al., 2011). Both proteins exhibit a preference for AT-rich regions, but unlike HU, the IHF protein specifically recognizes 13-bp sequences with the consensus 5’-WATCAANNNNTTR-3’ (Hales et al., 1994; Prieto et al., 2012). M. tuberculosis possesses homologs of both HU and IHF (HupB and mIHF, respectively), and these proteins are essential during the infection of macrophages (Pandey et al., 2014; Odermatt et al., 2018). Moreover, it was shown that expression of hupB gene increases during the infection (Kumar et al., 2011). When faced with nutrient exhaustion in their habitat, some bacteria, such as Streptomyces, form spores that enable them to survive. Many agents are involved in the proper switching of the life cycle; among them, HU and IHF play vital roles. In S. coelicolor, sIHF (IHF homolog) and HupS (HU-like protein) are required to enable the DNA to fit inside the tiny spores (spores deprived of sIHF or HupS are temperature sensitive) (Salerno et al., 2009; Swiercz et al., 2013). An HU-like protein found in the human pathogen, Francisella tularensis (the causative agent of tularemia), protects the DNA against free hydroxyl radicals (Stojkova et al., 2018). A similar mechanism of action is exhibited by the Staphylococcus aureus MgrA protein; this homolog of E. coli Dps coats the DNA, protecting it against oxidative stress and ensuring prolonged survival of the cell inside phagosomes (Crosby et al., 2016; Ushijima et al., 2017). It has been reported that the M. tuberculosis genome encodes a novel NAP, called NapM, that is also required for the pathogen to survive inside the host macrophages (Liu et al., 2019). The NapM sequence homolog from M. smegmatis was shown to colocalize with the E. coli nucleoid (Liu et al., 2016), potentially suggesting that this protein exhibits similar binding modes in pathogenic mycobacteria.

The NAPs involved in the protective DNA-coating mechanism share a few similarities, including a relatively low DNA-binding specificity and a high copy number (Ali Azam et al., 1999; Dillon and Dorman, 2010; Verma et al., 2019). Homologs of the canonical “whole-chromosome binders” (i.e., HU, IHF, Dps) often possess unique structural features that ensure their effective binding along the entire chromosome. HU-like proteins in Actinobacteria (e.g., mycobacterial HupB, S. coelicolor HupS) have additional positively charged C-terminal domains that have been shown to stabilize the DNA-protein complexes (Salerno et al., 2009; Hołówka et al., 2017). D. radiodurans HU homologs have also repetitive basic residues, but within the N-terminal domain (Ghosh and Grove, 2006). The DNA-coating mechanism is activated immediately when unfavorable conditions are sensed, and helps maintain chromosomal integrity by creating a physical barrier against stress factors, such as radiation, antibiotic treatment, oxidative and acidic stress.



NAPS ALTER BASIC CELLULAR PROCESSES IN RESPONSE TO STRESS

The abilities to mount a rapid and effective response to changing environmental conditions and/or adjust the cell’s metabolic activity to prolonged stress are key factors in the survival of both pathogens and saprophytes. The most “specific” stress response mechanism involving NAPs relies on their ability to influence the expression level of the certain gene(s) and/or gene cluster(s) (Kahramanoglou et al., 2011; Kriel et al., 2018; Flores-Ríos et al., 2019; Dorman et al., 2020). These small nucleoid organizers can affect transcription by inducing topological and/or structural changes in the chromosomal DNA (Figure 2A) that can alter the binding of RNA polymerase or transcription factors. Moreover, as mentioned earlier, NAPs often bind to AT-rich regions within promoter sequences and thereby repress gene expression. Depending on a given NAP’s DNA-binding specificity and number of target DNA sequences, it can simultaneously affect the transcription of many genes/gene clusters or act as a specific switch that alters the expression levels of certain genes (Gordon et al., 2010; Prieto et al., 2012; Gehrke et al., 2019; Shahul Hameed et al., 2019). H-NS, which exhibits DNA-bridging activity (Figure 1), was shown to be a global transcription repressor in human pathogens, including Salmonella enterica serovar Typhimurium, Vibrio cholerae, and toxigenic strains of E. coli (Ayala et al., 2015; Helgesen et al., 2016; Shahul Hameed et al., 2019). Additionally, it was shown that a H-NS paralog, StpA protein cooperate with H-NS to alter virulence genes expression in uropathogenic E. coli strains (Müller et al., 2006). The E. coli H-NS binding sites are reportedly clustered near the ter region, where genes connected with motility and biofilm formation are localized. Interestingly, H-NS from Salmonella acts as a repressor for horizontally acquired pathogenicity islands (Lucchini et al., 2006; Brunet et al., 2015). Similarly, a structural homolog of H-NS in M. tuberculosis (called Lsr2) is involved in the regulation of many genes, including those connected with virulence (Gordon et al., 2010). Deletion of the lsr2 gene results in decreased growth and survival under hypoxia (Bartek et al., 2014), suggesting that Lsr2 could be a crucial agent that “switches” mycobacteria to the dormant state and enables them to endure inside host cells. The recently described NapA protein is another mycobacterial NAP that serves as a global transcription factor (Datta et al., 2019). It exhibits a preference for AT-rich regions and coats the DNA to create inflexible rods that interrupt DNA supercoiling. M. tuberculosis NapA regulates the expression of genes that encode virulence regulators. An Lsr2-like protein produced by another member of Actinobacteria, the saprophytic S. venezuelae, was shown to control genes whose products are involved in signaling and producing specialized secondary metabolites (Gehrke et al., 2019). Homologs of the E. coli H-NS and Fis proteins produced in the plant pathogen, Dickeya dadantii, influence the expression levels of the pal genes, which act as major virulence factors (Ouafa et al., 2012). Intriguingly, HU-like proteins found in Salmonella and F. tularensis not only create the physical protective barrier against stress factors, they also regulate genes involved in general physiology, metabolism, and virulence (Figure 2B; Mangan et al., 2011; Stojkova et al., 2018). The mycobacterial HupB protein regulates the expression of the katG gene (acting as a repressor), whose product activates the anti-tuberculosis drug, isoniazid (Niki et al., 2012; Enany et al., 2017); a M. smegmatis strain deprived of HupB showed increased susceptibility to this drug (Hołówka et al., 2017). Additionally, recent studies showed that the M. tuberculosis mIHF protein represses the expression of many genes, including those connected with pathogenesis (Odermatt et al., 2018).

In addition to their conventional architectural role and involvement in regulating gene expression, NAPs may also contribute to other cellular processes. For example, studies have shown that NAPs influence chromosome replication by binding and inducing some structural changes within the origin of chromosomal replication (oriC). In E. coli, the IHF and HU proteins facilitate the formation of the pre-replication complex, and the Fis protein prevents replication initiation (Wold et al., 1996; Ryan et al., 2002). Interestingly, expression of the M. tuberculosis napM gene increases upon stress; the NapM protein binds DnaA (a replication initiation protein) to inhibit chromosome replication, which in turn ensures that mycobacteria transition to the dormant state to survive inside host macrophages (Liu et al., 2019). Almost all processes involving spatial transitions of DNA strands, such as DNA repair and recombination and the topoisomerase-mediated maintenance of topological homeostasis, are based on cooperation with NAPs (e.g., HU interacts directly with topoisomerase A to alter its DNA-relaxing activity) (Shanado et al., 1998; Kamashev and Rouviere-Yaniv, 2000; Ghosh et al., 2014; Kivisaar, 2020). Overall, the low DNA-binding specificity and relatively high copy number of NAPs make them readily available and able to assist with complex cellular processes. Proper synchronization of the processes occurring inside the cell with constantly changing environmental conditions is a key element to survival under stress.



CONCLUSION

During the course of their evolution, bacteria developed the ability to rapidly adapt to constantly changing environmental conditions. Rapid reactions to many different signals, including stress factors, are crucial for the survival of both saprophytes and pathogens. As reviewed herein, NAPs ensure the very efficient and immediate response to various stimuli. These small basic proteins shape chromosomal DNA, adjusting its architecture in response to intra- and extracellular conditions. When the bacterial cell detects strong stress, NAPs (e.g., HU, Dps) generally coat and/or condense the nucleoid, creating a physical protective barrier for the DNA (Nguyen et al., 2009; Salerno et al., 2009; Pandey et al., 2014; Crosby et al., 2016; Odermatt et al., 2018). More specific NAP-related stress response mechanisms involve the ability of NAPs to regulate transcription. Upon binding, NAPs (e.g., H-NS, Fis) induce structural and/or topological DNA changes that lead to alteration of the expression levels of certain genes (Kahramanoglou et al., 2011; Brunet et al., 2015). Many genes involved in the adaptation to a new living condition, such as by formation of biofilm or alteration of motility, synthesis of secondary metabolites, and/or virulence, are regulated by NAPs. Additionally, NAPs can regulate basic cellular processes (e.g., replication initiation) in order to synchronize such processes with changing environmental conditions (Ryan et al., 2002; Datta et al., 2019). Hence, most NAPs act as the “rapid reaction forces” that enable the bacterial cell to endure under stress.
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Chromosome segregation is a crucial stage of the cell cycle. In general, proteins involved in this process are DNA-binding proteins, and in most bacteria, ParA and ParB are the main players; however, some bacteria manage this process by employing other proteins, such as condensins. The dynamic interaction between ParA and ParB drives movement and exerts positioning of the chromosomal origin of replication (oriC) within the cell. In addition, both ParA and ParB were shown to interact with the other proteins, including those involved in cell division or cell elongation. The significance of these interactions for the progression of the cell cycle is currently under investigation. Remarkably, DNA binding by ParA and ParB as well as their interactions with protein partners conceivably may be modulated by intra- and extracellular conditions. This notion provokes the question of whether chromosome segregation can be regarded as a regulatory stage of the cell cycle. To address this question, we discuss how environmental conditions affect chromosome segregation and how segregation proteins influence other cell cycle processes.
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INTRODUCTION

Bacteria must adjust their cell cycle to their environmental conditions. Unfavorable conditions such as starvation, oxidative, or osmotic stress alter the energetic state of the cell and trigger the stress signaling molecules (sigma factors, response regulators, signaling nucleotides) (Hengge, 2009; Gottesman, 2019; Latoscha et al., 2019; McLean et al., 2019). As the result, cells modify transcription, increase the generation time, completely inhibit cell division or sometimes form spores or enter dormancy (Errington, 2003; Jones et al., 2013; Heinrich et al., 2015; Desai and Kenney, 2019). While the primary cell cycle checkpoints are the initiation of replication and onset of cell division, these processes must be tightly coordinated with chromosome segregation (for recent reviews, see: Dewachter et al., 2018; Marczynski et al., 2019; Reyes-Lamothe and Sherratt, 2019; Burby and Simmons, 2020). Thus, the chromosome segregation process may link critical stages of the cell cycle.

The role of segregation proteins is to control the positioning of chromosomal (or plasmid) DNA during cell division. Importantly, in most bacterial cells, chromosome segregation begins soon after the initiation of chromosome replication and must be completed before the termination of cell division (Dewachter et al., 2018; Reyes-Lamothe and Sherratt, 2019). During chromosome replication, segregation proteins position newly duplicated chromosomal origin of replication (oriC) regions and ensure proper chromosome organization. Interestingly, in a number of bacterial species, positioning of the oriC and the pattern of chromosome organization may be modified in response to altered environmental conditions, such as limited nutrients (Wang et al., 2013; Badrinarayanan et al., 2015). Perfect examples of this modification are the profound changes in chromosome compaction observed during starvation-induced sporulation of Bacillus subtilis and Streptomyces spp. (Errington, 2001; Flärdh and Buttner, 2009; Jakimowicz and van Wezel, 2012). While in vegetatively growing B. subtilis, the oriC is shifted away from the cell pole, during the formation of endospores, which begins with asymmetric cell division, the oriC is anchored at the poles (Wang et al., 2014). However, even in non-sporulating bacteria, chromosome organization patterns may be altered depending on culture conditions; for example, in Escherichia coli, the chromosome arrangement changes from one in which the oriC adopts a mid-cell position in fast-growing cultures to a longitudinal in slow-growing cells in minimal media (Kleckner et al., 2014; Badrinarayanan et al., 2015). Chromosome topology is controlled by a set of proteins, predominantly topoisomerases and nucleoid-associated proteins (NAPs), whose activities were shown to be influenced by environmental and physiological factors (temperature, pH, salt concentration) (Dorman and Dorman, 2016; Dame et al., 2019). However, the mechanisms by which chromosome arrangement and segregation are adjusted to physiological state of bacterial cell only begun to emerge.

In this review, we discuss how chromosome segregation may be influenced by environmental stress, particularly nutrients limitation, and induced by this factor change of physiological conditions. Furthermore, we explore how changes in segregation protein activity may allow cells to adjust to particular conditions. To address these issues, we focus on the interactions of segregation proteins with DNA and the crosstalk between segregation proteins and their partners.



THE FUNCTIONS OF CHROMOSOME SEGREGATION PROTEINS

Chromosome segregation in bacteria is governed by a set of proteins, among which ParA and ParB are key players. ParA and ParB were first identified as plasmid segregation proteins and further studies revealed that homologs of these proteins control positioning of the chromosomal oriC region (Lee et al., 2003; Mierzejewska and Jagura-Burdzy, 2012; Funnell, 2016). However, ParA and ParB are not fully widespread and chromosome segregation in some bacterial species (i.e., some γ-proteobacteria, including E. coli, which lack parAB genes) exploits the activities of other proteins, such as condensins (Nolivos and Sherratt, 2014; Dewachter et al., 2018). Condensins, which compact the bulk of chromosomal DNA, also play an auxiliary function in ParAB-dependent chromosome segregation (Graumann et al., 1998; Moriya et al., 1998; Wang et al., 2015). Segregation of the terminus-proximal region (ter) usually requires the activities of additional proteins, such as the DNA translocase FtsK or a type II topoisomerase specialized in DNA decatenation (TopoIV) (Kato et al., 1990; Yu et al., 1998; Dewachter et al., 2018) (Figure 1).
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FIGURE 1. Stages of cell cycle and chromosome segregation in bacteria with polar or subpolar oriC localization (e.g., C. crescentus, V. cholerae, M. smegmatis, M. xanthus). The scheme shows the stage of the cell cycle when activity of DnaA – chromosome replication initiator, ParA, ParB, SMC, and FtsK – proteins involved in chromosome segregation, as well as FtsZ- cell division initiator is required.



The Role of ParA and ParB in oriC Segregation

The ParA and ParB proteins are components of the tripartite segregation system, which also involves parS sequences bound by ParB (parABS system) (Schumacher, 2008; Badrinarayanan et al., 2015). From 1 to 20 parS sequences, depending on the bacterial species, may be scattered over the oriC-proximal chromosomal region, which encompasses a range from 10 kb (in Caulobacter crescentus) to 200 kb in Streptomyces coelicolor, or even up to 650 kb in Pseudomonas aeruginosa (Jakimowicz et al., 2002; Livny et al., 2007; Tran et al., 2018; Kawalek et al., 2020). Upon interaction with ParB, the parS sequence-rich region engages in the formation of a large nucleoprotein complex named the segrosome (Funnell, 2014; Oliva, 2016). parS sites are often referred to as centromeric sites since they mark the chromosomal region that segregates first. Interestingly, in all studied bacterial species that use the ParABS system, ParB binding to DNA was reported to be maintained during majority of the cell cycle. In fact, the initiation of chromosome replication can be detected as the duplication of ParB complexes and the segrosomes mark the positions of the oriC regions throughout the whole cell cycle (Ptacin et al., 2010; Schofield et al., 2010; Shebelut et al., 2010; Harms et al., 2013; Trojanowski et al., 2015; Kois-Ostrowska et al., 2016) (Figure 1).

The organization of the ParB complex is still under investigation, but the studies to date have revealed that its architecture seems to be adjusted for the requirements of each particular bacterial species. Conserved structural features of ParB include the DNA-binding HTH motif in the central part of the polypeptide chain and two conserved sequences named ParB boxes in proximity to the N-terminus (Leonard et al., 2004; Schumacher and Funnell, 2005; Schumacher, 2007, 2008). While, the ParB boxes were shown to be required for segrosome formation, the N-terminal ParB domain is critical for interactions with ParA and C-terminal domain facilitates non-specific DNA binding (Autret et al., 2001; Schumacher and Funnell, 2005; Fisher et al., 2017). Non-specific interactions with DNA allow ParB to spread away from parS sites (Murray et al., 2006; Breier and Grossman, 2007; Kusiak et al., 2011; Chen et al., 2015; Taylor et al., 2015; Song et al., 2017). Moreover, ParB complex assembly was shown to require the bridging of protein molecules bound to spatially distant parS sites (Graham et al., 2014; Song et al., 2017; Soh et al., 2019). This bridging is mediated by dimerization of the arginine-rich ParB box II and was recently shown to be modulated by CTP binding in this region (Osorio-Valeriano et al., 2019; Soh et al., 2019). Notably, while in all bacterial species that use the parABS system, ParB specifically binds parS sequences, the affinity and specificity of ParB toward parS sequences vary among bacteria, resulting in differences in ParB spreading (Jalal et al., 2019). These differences, as well as variations in the number and distribution of parS sites, are reflected in the species-specific architecture of the ParB complex. Nevertheless, the primary role of the ParB complex is to organize the oriC-proximal region of the chromosome to facilitate its movement; the ParB complex thus performs a critical step in chromosome segregation.

The driving force for the chromosomal ParB complex is provided by a P-loop ATPase - ParA. Over the last decade, the hypothesized ParA mechanism of action has changed from filament formation to the generation of a dynamic concentration gradient (Ptacin et al., 2010; Lim et al., 2014; Vecchiarelli et al., 2014; Le Gall et al., 2016). Pivotal for the gradient-based model is non-specific DNA binding by ATP-bound ParA dimers (Leonard et al., 2005; Hester and Lutkenhaus, 2007). Interaction with segrosomes stimulates ParA ATPase activity, while ATP hydrolysis triggers dimer dissociation and protein release from DNA. This generates a ParA-depleted zone in proximity to the ParB complex. Due to their high affinity for DNA-bound ParA dimers, segrosomes move away from the depletion zone toward higher ParA concentration. The directionality of the ParA gradient and ParB movement was suggested to be enhanced by interactions between ParA and the polar or subpolar proteins: TipN and PopZ in C. crescentus, the bactofilin complex in Myxococcus xanthus, HubP in Vibrio cholerae and DivIVA in Mycobacterium smegmatis (Bowman et al., 2008; Ebersbach et al., 2008; Yamaichi et al., 2012; Ginda et al., 2013; Lin et al., 2017). These interactions are critical for proper oriC subcellular localization (Bowman et al., 2008; Ebersbach et al., 2008; Yamaichi et al., 2012; Lin et al., 2017; Pióro et al., 2019). Thus, highly genus- or species-specific interactions play a role in the spatial coordination of chromosome segregation with other cell cycle processes and presumably adjust the segregation machinery to the requirements of the life cycle of a particular bacterium.



The Additional Roles of ParAB Proteins

In addition to their main function in moving the oriC region, in B. subtilis, C. crescentus, and Streptococcus pneumoniae, segrosomes were demonstrated to serve as the loading platform for the condensin complex, which is composed of SMC and the accessory proteins ScpA and ScpB (Sullivan et al., 2009; Wang et al., 2015; Tran et al., 2017). Large, rod-shaped, coiled-coil SMC proteins form dimers due to interactions within the hinge region and ATP-binding head domains. ATP hydrolysis and DNA binding induce conformational changes in the dimer that allow DNA loop extrusion, providing the basis for DNA compaction (Nolivos and Sherratt, 2014; Ganji et al., 2018; Baxter et al., 2019; Marko et al., 2019). Since binding and ATP hydrolysis are crucial for condensin activity, the efficiency of chromosome compaction induced by SMC proteins is presumably dependent on ATP levels in the cell. Importantly, SMC protein loading requires ParB bridging activity (Graham et al., 2014; Wilhelm et al., 2015). Upon loading in proximity to oriC, condensins spread along the chromosome, inducing its overall compaction and longitudinal arrangement.

Finally, an additional function of the ParB complex is its cooperation with proteins engaged in cell division regulation, such as MipZ in C. crescentus and Rhodobacter sphaeroides and PldP as well as FtsZ in Corynebacterium glutamicum (Donovan et al., 2010; Dubarry et al., 2019). Recent studies also shown that ParB also cooperate with NOC and both proteins are required to prevent cell division over nucleoid in B. subtilis (Hajduk et al., 2019) (Table 1).


TABLE 1. Interaction between proteins engaged in chromosome segregation and their protein partners.
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Other Proteins Involved in Chromosome Segregation

Interestingly, not all bacterial species employ the ParA and ParB proteins to segregate chromosomes. While the coccoid S. pneumoniae possesses a ParB homolog, it lacks ParA. In these bacteria, ParB cooperates with SMC proteins in chromosome segregation (Minnen et al., 2011). Moreover, some γ-proteobacteria, including E. coli, do not possess any ParA or ParB homologs. In contrast to ParAB-driven segregation, in E. coli, the segregation of newly replicated oriC regions is delayed by their cohesion. Cohesion is controlled by TopoIV, a type II topoisomerase, and SeqA, a protein involved in the regulation of replication initiation (Lu et al., 1994; Joshi et al., 2013; Dewachter et al., 2018). Interestingly, in response to DNA damage-induced stress, the SMC homolog RecN contributes to cohesion control (Vickridge et al., 2017). Moreover, in E. coli, additional ori domain-organizing factors were shown to contribute to positioning of the oriC region. These factors include the cis-acting sites and maoS bound by the characteristic of E. coli MaoP protein as well as migS sites (Yamaichi and Niki, 2004; Valens et al., 2016; Dame et al., 2019). Finally, in E. coli, MukB, a structural SMC homolog strongly contributes to chromosome segregation (Hiraga et al., 1991; Yamazoe et al., 1999). Interestingly, in E. coli, in contrast to SMC in C. crescentus and B. subtilis, MukB does not cause chromosomal arms to adopt a longitudinal arrangement. MukB cooperates with TopoIV and the ter domain-organizing protein MatP (Nolivos et al., 2016; Lioy et al., 2018). MatP-dependent ter organization is a characteristic and unique feature of enterobacteria (Mercier et al., 2008). Whether there is any evolutionary advantage to abandoning the parABS system and adopting the another chromosome arrangement in enterobacteria has not yet been addressed. However, it is tempting to conclude that an elaborate life cycle and/or cell shape (e.g., C. crescentus) demand more complex chromosome segregation machinery.

As the last step of chromosome segregation, the separation of the duplicated chromosome ter regions is the final, critical checkpoint in this process. Interestingly, segregation of the ter regions was observed to be delayed in a number of bacterial species (Thiel et al., 2012). The segregation of ter regions requires the activity of accessory proteins, among which the chromosome translocase FtsK is the most widespread (Massey et al., 2006; Stouf et al., 2013; Crozat et al., 2014). The translocase family also includes the SpoIIIE protein, which is responsible for packaging of the chromosome into the small space of the forespore during B. subtilis sporulation, and TraB homologs involved in the conjugal transfer of DNA (Vogelmann et al., 2011; Thoma and Muth, 2015). As part of the divisiome, FtsK is associated with the newly formed septum via its N-terminal domain, while its C-terminal domain is involved in ATP hydrolysis-dependent DNA translocation as well as recombinase activation (Löwe et al., 2008; Grainge, 2013; Keller et al., 2016). FtsK activity is thus accompanied by DNA decatenation and recombination carried out by TopoIV and XerCD recombinase, respectively (El Sayyed et al., 2016). Replication and segregation of the ter region are tightly coordinated with Z-ring dynamics and the progression of cell division (Espéli et al., 2012; Adams et al., 2014).

Although the main players in the chromosome segregation have been identified, the mechanisms by which the activities of segregation proteins are regulated remain largely unexplored. Nevertheless, the emerging picture is that the process of the chromosome segregation is adjusted to the cell physiological state. Chromosome segregation may be regulated by modulation of the interaction between segregation proteins and DNA, nucleotide binding or other posttranslational protein modifications. Since the activities of various segregation proteins (ParA, SMC/MukB, FtsK, TopoIV) are dependent on the ATP hydrolysis, the overall energetic load of the cell, as manifested by its ATP level, should be considered as an important factor that modifies the efficiency of the segregation process. Importantly, the activities of the segregation proteins may be modulated due to their interactions with protein partners. Subsequently, these interacting partners may alter not only the efficiency of chromosome segregation but also other cell cycle parameters due to their engagement in cell division or cell elongation.



THE PARB COMPLEX—REGULATION OF ITS FORMATION AND ITS IMPACT ON CHROMOSOME DYNAMICS

To fulfill their functions, segregation proteins must interact with DNA; hence, the modification of their DNA affinity is critical for the regulation of their activity. Studies in various model bacteria have reported the modification of segrosome formation by the interaction of ParB with CTP or ParA (Breier and Grossman, 2007; Ginda et al., 2013; Baek et al., 2014; Donczew et al., 2016; Osorio-Valeriano et al., 2019; Soh et al., 2019) (Figure 2). Moreover, transcriptional regulation and posttranscriptional modifications of segregation proteins have been described.
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FIGURE 2. The regulation of ParA and ParB activity and the impact of these proteins on cellular processes other than oriC segregation. The abbreviation indicate the species in which particular interactions or influence on activity have been observed: Cgl, C. glutamicum; Cre, C. crescentus; Bsu, B. subtilis; Msm, M. smegmatis; Mxu, M. xanthus; Pae, P. aeruginosa; Rsh, R. sphaeroides; Sco, S. coelicolor; Spe, S. pneumoniae; Vch, V. cholerae; ParA-related regulation is shown in green, ParB-related regulation is shown in red, question mark indicates the connection that has been suggested but has not yet been experimentally confirmed.



Transcriptional Regulation of Segregation Genes

Formation of protein complexes may be controlled by transcriptional regulation. In C. crescentus, this mode of regulation applies to primary cell cycle coordinators, such as the replication initiator DnaA and the cell division protein FtsZ (Laub et al., 2000; Frandi and Collier, 2019). The transcriptional regulation exerted by master regulators such as CtrA and GcrA allows the functional differentiation of two daughter cells, which is characteristic of C. crescentus (Kirkpatrick and Viollier, 2012; Tsokos and Laub, 2012). While the stalked cell is capable of undertaking a new round of chromosome replication, in the swarmer cell, chromosome replication and cell division are inhibited. In C. crescentus, the transcription of genes encoding proteins involved in chromosome topology maintenance (topoisomerases and NAPs) was shown to be developmentally controlled, but the cell cycle-dependent transcriptional regulation of genes encoding segregation proteins has not been reported (Holtzendorff et al., 2004). Fluctuations in ParA and ParB levels between cell divisions cannot be excluded; however, there is no evidence of such regulatory mechanisms in any studied unicellular bacterium. Interestingly, the autoregulation of parAB was demonstrated in case of plasmid segregation proteins (Kwong et al., 2001). The only report showing the life-cycle associated transcriptional induction of chromosomal parAB genes comes from S. coelicolor, a mycelial bacteria that undergo sporulation in response to stress, particularly nutrients limitation. Streptomyces sporulation involves the conversion of multigenomic sporogenic hyphae into chains of unigenomic spores (Flärdh and Buttner, 2009). While during mycelial vegetative growth, cell divisions are rare and not accompanied by chromosome segregation, sporulation requires the synchronous segregation of multiple chromosomal copies synchronized with multiple cell divisions (Jakimowicz and van Wezel, 2012). In S. coelicolor and S. venezuelae, parAB genes, similarly as ftsZ, are controlled by cell cycle regulators associated with the onset of sporulation (WhiA and WhiB) (Flärdh et al., 2000; Jakimowicz et al., 2006; Bush et al., 2013, 2016). Their upregulation allows the induction of parAB and ftsZ required for the formation of numerous ParB complexes and Z-rings, respectively, along sporogenic hyphal cells (Schwedock et al., 1997; Kim et al., 2000; Jakimowicz et al., 2005, 2007). The unprecedented transcriptional upregulation of parAB in Streptomyces fulfils the demands of their unique cell cycle and unusual mode of the chromosome segregation.



The Regulatory Role of Nucleotide Binding and Posttranslational Modifications in ParB

Little is known about the regulation of segrosome architecture; however, CTP binding by ParB was recently demonstrated to modulate interactions during ParB complex formation (Osorio-Valeriano et al., 2019; Soh et al., 2019). CTP is specifically bound within the ParB box II motif, which was previously shown to contribute to the long-range interactions (Graham et al., 2014). ParS binding by ParB induces CTP hydrolysis and increases the protein affinity toward the parS sequence, presumably leading to the complex rearrangement (Osorio-Valeriano et al., 2019; Soh et al., 2019). While the binding of CTP to ParB was demonstrated in B. subtilis and M. xanthus, the CTP interaction interface is highly conserved among ParB homologs, suggesting that this feature is preserved. Moreover, CTP binding by plasmid-encoded ParB proteins (F plasmid ParBF and P1 prophage ParBP1) was demonstrated reinforcing the significance of nucleotide binding for complex formation (Soh et al., 2019). Since CTP is primarily involved in biosynthesis of nucleic acids and phospholipids, rather than the storage and transfer of energy, its intracellular level may reflect the cell capacity to replicate its DNA. Moreover, CTP biosynthesis is tightly regulated, and its level changes in a growth phase-dependent manner (Meng and Switzer, 2001; Jørgensen et al., 2003; Walker et al., 2004). Interestingly, in E. coli, one of NAP (Fis) was shown to be transcriptionally controlled by CTP, indicating the impact of this nucleotide on chromosome topology (Walker et al., 2004). Thus, the dependence of segrosome formation on subcellular CTP levels may influence functional segregation complex formation under unfavorable conditions, such as nutrients limitation, and serve as a link between cell physiology and chromosome segregation.

Furthermore, circumstantial evidence suggests that factors dependent on the cell physiological state, other than nucleotide levels, may also affect segrosome formation. Posttranslational modifications, especially phosphorylation, are well described mechanism to fine-tune the activity of the various proteins in response to changes of environmental conditions, e.g., nutrients availability (Stock et al., 1989; Bernal et al., 2014; Carabetta and Cristea, 2017; Janczarek et al., 2018). While number of nucleoid associated proteins (NAPs) including HU-like proteins were shown to be phosphorylated in B. subtilis and M. tuberculosis and plethora of DNA organizing proteins were suggested to be target for phosphorylation, the evidence for phosphorylation of chromosome segregation proteins is limited (Gupta et al., 2014; Garcia-Garcia et al., 2016). In mycobacteria, ParB was reported to be influenced by phosphorylation, which modified protein affinity toward DNA and abolished its interaction with ParA (Baronian et al., 2015). ParB was shown to be phosphorylated in vitro by several eukaryotic-like Ser/Thr protein kinases whose main role is cell adaptation to changing environmental conditions (e.g., nutrient accessibility). Phosphorylation may potentially mediate fluctuations in ParB activity in relation to cell conditions; however, there is no experimental evidence of such a regulatory mechanism. Among the other posttranslational modifications, acetylation was also shown to influence the activity of numerous DNA associated proteins including topoisomerase I (in E. coli), DNA repair protein Ku and NAP HU (in M. smegmatis) (Zhou et al., 2015, 2017; Ghosh et al., 2016; Anand et al., 2017; Carabetta and Cristea, 2017), however, there are no reports of acetylation influencing directly the activity of chromosome segregation proteins ParA or ParB.



The Influence of ParA on Segresome Assembly

In some bacterial species assembly of the ParB complex was shown to be influenced by ParA. ChIP analyses of B. subtilis, V. cholerae, S. venezuelae, and M. smegmatis indicated that elimination of ParA decreased ParB binding to at least some parS sites (Breier and Grossman, 2007; Ginda et al., 2013; Baek et al., 2014; Donczew et al., 2016). Additionally, in P. aeruginosa, the impact of the ParB complex on chromosome structure was shown to be dependent on ParA (Bartosik et al., 2014). This could be explained by the lower level of ParB in parA deletion strains (detected in B. subtilis and P. aeruginosa but not in S. venezuelae and M. smegmatis) but may also suggest that ParA promotes ParB complex rearrangement. The latter idea is reinforced by the observed influence of ParA on ParB binding to DNA in vitro (Jakimowicz et al., 2007). Because ATP hydrolysis is critical for the activity of ParA, changes in intracellular ATP levels, which reflect fluctuations in the cell energetic state, may impact segrosome formation. In fact, exposure of M. smegmatis cells to stressful conditions modified ParA localization (Ginda et al., 2013; Pióro et al., 2019). Finally, it should be considered that environmental conditions such as increased temperature, pH or osmotic stress influence the chromosome topology (Dorman and Dorman, 2016; Qin et al., 2019), and changes of chromosome topology affect the binding of numerous DNA-interacting proteins including SMC and NAPs (Gruber and Errington, 2009; Dorman and Dorman, 2016; Tran et al., 2017; Qin et al., 2019). Consequently, the activities of segregation proteins may also be easily modified by changes in chromosome topology induced by environmental stress (Figure 2).



Segrosome Impact on Chromosome Topology and Gene Expression

While segrosome assembly may be adjusted in response to environmental clues, its architecture has a profound impact on chromosome structure. In S. coelicolor, segrosomes recruit topoisomerase I, which is required to resolve topological problems and proceed with chromosome segregation (Szafran et al., 2013). Alteration of the ParB complex architecture by changing the parS site position was shown to diminish C. crescentus fitness (Tran et al., 2018). Interestingly, in B. subtilis and S. pneumoniae, changes in the positions of parS sites resulted in the redistribution of ParB but had little effect on chromosome segregation and culture growth (Broedersz et al., 2014; Attaiech et al., 2015; Wang et al., 2015). However, the function of the segrosome in recruiting SMC proteins was affected by abolished ParB bridging (Gruber and Errington, 2009; Minnen et al., 2011; Graham et al., 2014; Wilhelm et al., 2015). Thus, the abovementioned studies indicate that changes in segrosome architecture influence the efficiency of chromosome compaction.

The large nucleoprotein complex formed by ParB is bound to influence chromosome topology and consequently gene expression (Figure 2). The first observation of segregation complex influence on gene expression was made for plasmid ParB proteins (Lynch and Wang, 1995; Rodionov et al., 1999). Considering the interspecies differences in segrosome organization, the impact of this complex on chromosome topology may be diverse. Indeed, in S. pneumoniae, formation of the ParB complex affects the activities of only adjacent genes, particularly the com operon (located 5 kb from parS sites), which encodes proteins involved in competence. This observation explains the increased competence of a S. pneumoniae parB deletion strain. Similar to S. pneumoniae, in V. cholerae, the binding of ParBI to 3 parS sites, results in limited ParB spreading and affects the transcription of only some of the genes in the region bound by ParB (3 of 20 genes) (Baek et al., 2014). Moreover, the transcription of several genes outside of the region bound by ParB is modified in the parAB deletion strain. In contrast to S. pneumoniae and V. cholerae, in P. aeruginosa, ParA and ParB elimination and their overexpression has been shown to affect transcription globally, influencing the expression of genes encoding stress response proteins and putative transcriptional regulators (Bartosik et al., 2014). This phenomenon was explained by P. aeruginosa ParB binding non-restricted to consensus parS sites and ability of this protein to interact with short parS-like motifs (Kawalek et al., 2018). This low DNA-binding specificity of ParB suggests its role in the general organization of DNA, similar to the role of NAPs. Surprisingly, in contrast to the abovementioned bacteria, in B. subtilis, the influence of the ParB complex on gene expression could not be detected (Breier and Grossman, 2007). Although preliminary studies suggested the involvement of parAB in the regulation of sporulation, this phenomenon was later shown to be independent of transcriptional regulation but was explained by the regulation of DnaA activity by ParA (see below). However, other studies reported that deletion of parAB in B. subtilis activated the SOS response by inducing a recA and the gene encoding the cell division inhibitor YneA (Bohorquez et al., 2018). Thus, the influence of the segrosome on the transcription of at least some genes is a common feature of the ParB complex.



COORDINATION OF THE CELL CYCLE—THE ROLE OF SEGREGATION PROTEIN INTERACTIONS

Segregation proteins interact with not only DNA and each other but also with proteins engaged in the key cell cycle processes. The ParA–DnaA interaction links chromosome segregation with chromosome replication, the interactions of ParA with polar proteins impact cell elongation, and the ParB–MipZ interaction controls the cell division (Marczynski et al., 2019) (Figure 2). ParA and ParB interaction partners may contribute to the chromosome segregation process; on the other hand, their activity may be controlled by ParA and/or ParB. Importantly, the DNA binding of segregation proteins modulates their availability to the partner-proteins interactions (Murray and Errington, 2008; Schofield et al., 2010; Pióro et al., 2019). Interestingly, most interactions with ParA and ParB are specific to bacterial genera, although some are more widespread and have been detected in various bacterial species.


Interactions Between Segregation and Polar or Subpolar Proteins

The interactions between segregation proteins and polar and subpolar proteins result in the specific localization of oriCs in C. crescentus, V. cholerae, M. xanthus, M. smegmatis, and S. coelicolor, all of which anchor the oriC region at their poles or subapically (Bowman et al., 2008; Ebersbach et al., 2008; Yamaichi et al., 2012; Ginda et al., 2013; Kois-Ostrowska et al., 2016; Lin et al., 2017; Pióro et al., 2019). During the asymmetric cell division of C. crescentus, the unidirectional chromosome segregation must be precisely controlled. The interaction between the ParB protein and the polarity factor PopZ positions the oriC region at the old pole before chromosome replication. PopZ is a small acidic protein that oligomerizes to form a mesh-like structure. In addition to its role in the oriC anchoring, its primary role is to recruit factors involved in stalk morphogenesis (Bowman et al., 2008; Ebersbach et al., 2008). Soon after the initiation of chromosome replication, one of the duplicated segrosomes is moved from the old cell pole to the new pole, and PopZ is simultaneously redistributed to form bipolar foci (Bowman et al., 2008; Ebersbach et al., 2008). Interestingly, PopZ also interacts with ParA monomers released from DNA upon ParA interaction with the ParB complex. Thus, PopZ was suggested to be involved in nucleotide exchange and the regeneration of ParA-ATP bound dimer and restoring its DNA-binding activity. Interestingly, the role of PopZ in regulating ParA activity is partially synergistic with the function of another C. crescentus ParA interaction partner – the coiled-coil TipN protein. TipN is mainly localized at the new pole, and the ParA–TipN interaction is critical for the ParA distribution and the directionality of segrosome movement (Lam et al., 2006; Ptacin et al., 2010). Importantly, ParA was shown to influence the function of PopZ; accumulating at the new pole ParA recruits PopZ, generating a nucleation site that initiates PopZ polymerization (Laloux and Jacobs-Wagner, 2013). It should be noted that formation of PopZ–ParA complex is dependent on availability of ParA released from nucleoid, most often by ongoing chromosome segregation (Laloux and Jacobs-Wagner, 2013). Since PopZ recruits the cell cycle regulator CtrA and its associated kinase as well as CtrA-targeting protease ClpXP (Joshi et al., 2018), the ParA control of PopZ localization possibly indicates the coordination of chromosome segregation with the global cell cycle regulation.

Similar as in C. crescentus, polar anchoring of oriC region and unidirectional chromosome segregation was described for V. cholerae chromosome I (the larger of the two V. cholerae chromosomes). In V. cholerae, ParAI (the ParA protein that governs the segregation of chromosome I) interacts with the polar localized protein HubP, and deletion of hubP abolished polarly oriCI positioning (Yamaichi et al., 2012). HubP also interacts with chemotactic machinery and flagellar proteins; moreover, HubP was also identified to interact with two other ATPases, ParC and FlhG (Yamaichi et al., 2012). Interestingly, in Shewanella oneidensis HubP homolog was also shown to be involved in chromosome segregation. Moreover, the identified in these bacteria interaction between HubP and PdeB, phosphodiesterase that controls c-di-GMP level in the cell, may indicate the potential link between cyclic nucleotide signaling and chromosome segregation (Rossmann et al., 2019). An interesting example of a bacterium in which the oriC is not localized at the poles but rather exhibits subpolar localization is M. xanthus. In this bacterium, the positioning of oriC is exerted by the ParA interaction with PadC, which in turn binds the bactofilin scaffold stretching from the poles (Lin et al., 2017). Only the monomeric form of ParA is recruited to the bactofilin–PadC complex, which is reminiscent of the ParA–PopZ interaction in C. crescentus (Lin et al., 2017). However, in case of V. cholerae and M. xanthus, there is no evidence that ParA influences the activity or localization of its interaction partners.

In the apically extending cells of actinobacteria segregation proteins also interact with polar protein complexes. The main component of the polar complex in these bacteria is the coiled-coil tropomyosin-like protein DivIVA, which recruits peptidoglycan-synthesizing machinery to the poles (Kang et al., 2008; Letek et al., 2008; Flärdh, 2010; Hammond et al., 2019). In M. smegmatis, DivIVA directly interacts with ParA (Ginda et al., 2013). The inhibition of this interaction was shown not only to decrease the efficiency of the chromosome segregation, but also it visibly increased the cell elongation rate, indicating ParA influence on DivIVA activity (Pióro et al., 2019). Considering that the recruitment of ParA to DivIVA was proved to compete with ParA–DNA interaction, the release of ParA from DNA upon interaction with ParB complex or, conceivably, due to changes of DNA topology, may have the impact on cell elongation rate. Markedly, DivIVA in mycobacteria is phosphorylated by the PknA kinase, the activity of which is regulated by the PknB kinase, and both PknA and PknB are essential Ser/Thr protein kinases that control growth rate and morphology (Kang et al., 2005; Jani et al., 2010; Lee et al., 2014). In response to the extracellular signals, these kinases phosphorylate regulators of central carbon metabolism and proteins involved in the stress response, transport and cell wall synthesis. It was shown that growth phase dependent DivIVA phosphorylation status regulates the rate of peptidoglycan synthesis (Jani et al., 2010). Whether the phosphorylation status of DivIVA influences its interaction with ParA, linking environmental conditions with the segregation of chromosomes, remains to be elucidated.

Unlike M. smegmatis, in S. coelicolor, which also belongs to actinobacteria, the interaction between ParA and DivIVA was not detected, but ParA was found to directly interact with the Scy protein – the other component of a polar protein complex named the polarisome, which also includes DivIVA. During S. coelicolor vegetative growth, this interaction is responsible for anchoring of the apical chromosome at the tips of multigenomic hyphal cells. Importantly, the deletion of parA affected the rate of hyphal growth, which was explained by ParA-dependent modulation of Scy activity (Ditkowski et al., 2013; Donczew et al., 2016). Developmentally controlled ParA accumulation during sporulation leads to polarisome disassembly and inhibits hyphal elongation (Ditkowski et al., 2013). Interestingly in S. coelicolor ParA was shown to interact with the other segregation protein ParJ, however, the contribution of this protein to the segregation process is not fully understood (Ditkowski et al., 2010). Unlike in above described actinobacteria, in closely related C. glutamicum ParB directly interacts with DivIVA and this interaction positions oriC at the cell pole. The observation that deletion of parB results in impaired cell extension indicates that ParB–DivIVA interaction may impact DivIVA activity (Donovan et al., 2010, 2012). Thus, in actinobacteria, the interactions of segregation proteins with polar complexes not only contribute to chromosome segregation but also regulate cell elongation.

Interestingly, DivIVA is also involved in anchoring the oriC region during B. subtilis sporulation, though not through its direct interaction with ParAB homologs; DivIVA instead interacts with a complex containing MinD and MinJ (Kloosterman et al., 2016). Moreover, the additional RacA protein, which also specifically binds the oriC-proximal part of the chromosome, contributes to oriC anchoring in B. subtilis (Ben-Yehuda et al., 2005; Schumacher et al., 2016).



Interactions Between Segregation and Replication Proteins

In a number of bacterial species, ParA was also shown to be involved in the regulation of the chromosome replication. The direct interaction of ParA with DnaA was first described in B. subtilis, in which ParA and ParB homologs were originally identified as regulators of sporulation and called Soj and Spo0J, respectively. The elimination of Spo0J was found to inhibit sporulation and that inhibition may be counteracted by deletion of the gene encoding Soj (suppressor of Spo0J, a homolog of ParA) (Quisel et al., 1999). Later studies showed that this effect is indirect and results from Soj-dependent regulation of DnaA, which subsequently negatively regulates transcription of sporulation genes (Murray and Errington, 2008; Scholefield et al., 2011, 2012). Monomeric Soj directly interacts with DnaA and reduce its interaction with DNA inhibiting its oligomerization. In the absence of Spo0J, the DNA-bound Soj dimer is more stable, and the level of monomeric Soj available to interact with DnaA is decreased; therefore, DnaA replication activity is elevated. Thus, the function of Soj as a DnaA inhibitor depends on interaction between segregation protein and DNA. Since DNA binding by ParA homologs may be influenced by intracellular ATP level, Soj likely links the changes of the cell physiological state and environmental conditions that have the impact on cell energetic state with the DnaA replication (Murray and Errington, 2008; Scholefield et al., 2011, 2012). Additionally, in V. cholerae, DnaA interacts with ParA as well as ParB, while in D. radiodurans (another bacterium with a multipartite genome: two chromosomes and a megaplasmid), the DnaA protein interacts with ParB (Kadoya et al., 2011; Maurya et al., 2019). The involvement of the segregation proteins in replication regulation explains the increased number of oriC resulting from parB deletion.



Interactions Between Segregation and Cell Division Proteins

Chromosome segregation proteins also interact with the cell division proteins. In the α-proteobacteria C. crescentus and R. sphaeroides, the interaction between the ParB protein and MipZ (a ParA homolog) was detected (Thanbichler and Shapiro, 2006; Dubarry et al., 2019). MipZ is an inhibitor of FtsZ polymerization that exhibits dynamic localization characteristic of the ParA family of ATPases. In C. crescentus, MipZ forms a cloud-like structure with the lowest MipZ concentration in the middle of the cell, which restricts Z-ring formation to the cell center (Thanbichler and Shapiro, 2006). The localization of MipZ in R. sphaeroides is different; MipZ is situated mainly at the cell poles but also at the mid-cell position. In both C. crescentus and R. sphaeroides, the localization of MipZ depends on ParB, but unlike ParA, MipZ dimers are recruited and stabilized by ParB (Thanbichler and Shapiro, 2006; Dubarry et al., 2019). Importantly, in C. crescentus, the transcription level of mipZ changes during cell cycle progression and in response to environmental cues (e.g., nitrogen starvation) (Collier, 2019). In C. glutamicum, ParB also interacts with PldP – a ParA homolog involved in the regulation of cell division (Donovan et al., 2010). Moreover, in these bacteria, the direct interaction between ParB and FtsZ—a cell division initiator—was shown (Donovan et al., 2010). These interactions presumably account for the observed influence of parAB deletion on septum placement (Donovan and Bramkamp, 2014).

Interestingly, in S. pneumoniae (which lacks the ParA component of the parABS system), ParB interacts with CpsD, which is homologous to ParA tyrosine (BY) kinase and localizes at the site of cell division (Bender and Yother, 2001). BY-kinases are autokinases that regulate polymerization and the export of capsular polysaccharides. Inhibition of CpsD phosphorylation delayed chromosome segregation, while increased CpsD phosphorylation enhanced ParB mobility. The interaction between ParB and CpsD may coordinate chromosome segregation with capsular formation and the cell division (Nourikyan et al., 2015). Recent studies identified another ParB interacting partner in S. pneumoniae—the RocS protein. RocS is required for chromosome segregation but also interacts with FtsZ and CspD (Mercy et al., 2019). The above examples show that chromosome segregation and cell division are coupled due to the interactions of segregation proteins.

Some of the interactions of segregation proteins were shown to be critical under stress conditions. These include discovered in M. smegmatis interaction between ParA and 3-methyladenine DNA glycosylase, a protein mainly involved in DNA repair (Huang and He, 2012). This interaction stimulates the ATPase activity of ParA and regulates cell growth and morphology independent of DNA glycosylase activity. In B. subtilis, ParAB was shown to cooperate with another segregation protein, WhiA, which was suggested to maintain DNA integrity (Bohorquez et al., 2018). Interestingly, double parAB/whiA deletion was lethal and could be explained by the blockade of cell division.



CONCLUDING REMARKS

Studies of last two decades have shed light on chromosome segregation, revealing the concerted actions of segregation proteins, dissecting the mechanisms of their activities and describing their interactions. However, evidence that the chromosome segregation process is adjusted to environmental conditions has only started to emerge. Environmental stress factors, such as nutrients limitation, modify cell physiology and require adjustment of the cell cycle process. The possible pathways that can be used to coordinate the cell cycle with stress response are those based on intracellular nucleotide levels and chromosome topology. In particular, the finding that the ParB–CTP interaction is a critical factor for segrosome formation opens a new avenue for the exploration of chromosome segregation regulation. Finally, the impact of polar proteins (TipN, PopZ, HubP, or DivIVA) on the activities of segregation proteins under unfavorable conditions also remains to be further investigated to identify the links between changes in cell physiology and chromosome segregation.

Furthermore, recent studies have indicated the impact of chromosome segregation proteins on other cell cycle processes. Interestingly, due to their involvement in highly species-specific interactions (including both DNA interactions during segrosome formation and protein–protein interactions), the involvement of segregation proteins in coordination of the cell cycle is diverse and species dependent. Common regulatory pathways (identified in at least two unrelated organisms) include the regulation of gene transcription, chromosome replication, and the regulation of the cell elongation and division (Marczynski et al., 2019). Notably, the availability of ParA to interact with their protein partners (DnaA, PopZ, DivIVA) depend on the ParA binding to chromosome. Since this interaction is plausibly influenced by environmental factors, it may serve as the important regulatory circuit. However, further studies are required to fully understand the complex regulatory networks behind the identified connections and the impact of external factors on the global coordination of cell cycle processes.
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Each cell division requires the complete and accurate duplication of the entire genome. In bacteria, the duplication process of the often-circular chromosomes is initiated at a single origin per chromosome, resulting in two replication forks that traverse the chromosome in opposite directions. DNA synthesis is completed once the two forks fuse in a region diametrically opposite the origin. In some bacteria, such as Escherichia coli, the region where forks fuse forms a specialized termination area. Polar replication fork pause sites flanking this area can pause the progression of replication forks, thereby allowing forks to enter but not to leave. Transcription of all required genes has to take place simultaneously with genome duplication. As both of these genome trafficking processes share the same template, conflicts are unavoidable. In this review, we focus on recent attempts to add additional origins into various ectopic chromosomal locations of the E. coli chromosome. As ectopic origins disturb the native replichore arrangements, the problems resulting from such perturbations can give important insights into how genome trafficking processes are coordinated and the problems that arise if this coordination is disturbed. The data from these studies highlight that head-on replication–transcription conflicts are indeed highly problematic and multiple repair pathways are required to restart replication forks arrested at obstacles. In addition, the existing data also demonstrate that the replication fork trap in E. coli imposes significant constraints to genome duplication if ectopic origins are active. We describe the current models of how replication fork fusion events can cause serious problems for genome duplication, as well as models of how such problems might be alleviated both by a number of repair pathways as well as the replication fork trap system. Considering the problems associated both with head-on replication-transcription conflicts as well as head-on replication fork fusion events might provide clues of how these genome trafficking issues have contributed to shape the distinct architecture of bacterial chromosomes.
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INTRODUCTION

While eukaryotic cells typically contain multiple linear chromosomes, the bacterial models studied in most detail early on, such as Escherichia coli and Bacillus subtilis, have a single chromosome with a size of roughly 5 Mbp that forms a covalently closed circle. The improved ability to sequence whole genomes has revealed considerable variations. For example, Mycoplasma genitalium, a sexually transmitted pathogen that can cause non-gonococcal urethritis, is one of the smallest prokaryotes capable of independent replication with a genome size of 0.58 Mbp and less than 500 genes (Taylor-Robinson and Jensen, 2011; Gnanadurai and Fifer, 2020). In strictly opportunistic or symbiotic bacteria, genomes can be even smaller: the symbiotic bacterium Carsonella ruddii carries a single circular chromosome containing 0.159 Mbp and is predicted to encode 182 genes (Nakabachi et al., 2006). The genome of the myxobacterium Sorangium cellulosum, on the other hand, contains just over 13 Mbp and is predicted to encode 9,367 coding sequences (Schneiker et al., 2007). Overall, protein-coding density of bacterial genomes is with 85–90% high (McCutcheon and Moran, 2011) and the correlation between genome size and the number of genes is surprisingly constant (Touchon and Rocha, 2016).

Many of the extensively studied bacterial models are haploid. In E. coli, overlapping cell cycles in fast growing cells allow an increase in genome equivalents and stationary cells contain only a single copy of the chromosome. In contrast, many other bacterial species carry multiply copies of the chromosome. Deinococcus radiodurans carries between four and 10 genome equivalents (Hansen, 1978), and the presence of multiple copies is thought to be one contributor to its extreme radiation resistance (Minton and Daly, 1995; Timmins and Moe, 2016). Bacteria such as Azotobacter vinelandii can carry up to 80 chromosome copies per cell under fast growth conditions (Nagpal et al., 1989), and tens of thousands of copies were reported for the large bacterium Epulopiscium (Mendell et al., 2008).

While the presence of multiple chromosome equivalents is relatively common, the presence of more than one type of chromosome is less frequent, found in about 5% of bacterial species investigated so far (Touchon and Rocha, 2016). Examples are Vibrio cholerae and close relatives of Vibrio, which usually carry two circular chromosomes (Touchon and Rocha, 2016), while Paracoccus denitrificans, a gram-negative soil bacterium, carries three different circular chromosomes (Winterstein and Ludwig, 1998).

While the majority of bacterial chromosomes form covalently closed circles, some bacterial species carry linear chromosomes or even a mix of circular and linear chromosomes. For example, Agrobacterium tumefaciens carries one circular and one linear chromosome, as well as two very large plasmids (Nester, 2015). Linear chromosomes are frequently found within the Actinomycetales, which includes the genus Streptomyces (Kirby, 2011). The normally circular E. coli chromosome can also be artificially linearized using the telomere system of bacteriophage N15, and the resulting cells grow stably without any observed ill effect (Cui et al., 2007; Rudolph et al., 2013).



THE BACTERIAL REPLICHORE ARRANGEMENT

Despite these considerable variations, the replichore arrangements of most bacterial genomes are straightforward. While replication of the multiple linear chromosomes in eukaryotic cells is initiated at hundreds or even thousands of origins (Leonard and Méchali, 2013), initiation sites in bacteria are restricted to a single origin per chromosome (oriC) (Gao and Zhang, 2008; Gao, 2015). For a bacterium such as E. coli, this means that the number of replisomes is restricted to two, which are recruited at the origin and proceed in opposite directions until they eventually fuse opposite the oriC (Masters and Broda, 1971; Prescott and Kuempel, 1972; Dimude et al., 2016). Thus, each chromosomal half or replichore (Blattner et al., 1997) is replicated by one fork in a defined directionality (Figure 1A). DNA replication is successfully completed once every single base pair of the chromosome is duplicated with high accuracy. However, daughter chromosomes will remain interlinked until they are resolved through post-replicative processing (Lesterlin et al., 2004; Reyes-Lamothe et al., 2012), a process that is coordinated both temporally and spatially with septum formation at mid-cell (Reyes-Lamothe et al., 2012; Zaritsky and Woldringh, 2015).
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FIGURE 1. Chromosome structure and replication dynamics in Escherichia coli. (A) Schematic representation of the E. coli chromosome. Two replication forks are initiated at the origin (oriC) move in opposite directions along the DNA and eventually approach one other and fuse within the terminus region diametrically opposed to oriC. A replication fork trap is formed in the terminus region via terminator sequences (terA–J) which are arranged as two opposed groups, with the red terminators oriented to block movement of the clockwise replication fork and the blue terminators oriented to block the anticlockwise fork. The large gray arrow highlights the total spanned area covered by ter sites, while the core termination area, defined by the four innermost ter sites, is marked by a small gray arrow. The chromosomal locations for oriC and the dif chromosome dimer resolution site are marked. The location of rrn operons, which are highly transcribed particularly under fast growth conditions, are shown by green arrows, with the arrow pointing in the direction in which transcribing RNA polymerase molecules travel. “GRP” indicates the location of a cluster of genes encoding ribosomal proteins, almost all of which are transcribed co-directionally with replication. Chromosomal macrodomains Ori, NSright, NSleft, Right, Left, and Ter are shown as described in Duigou and Boccard (2017) and domain boundaries given in Mbp. Numbers on the inside are the minutes of the standard genetic map (0–100 min). (B) Marker frequency analysis of wild type E. coli cells. The number of reads (normalized against reads for a stationary phase wild type control) is plotted against the chromosomal location. A schematic representation of the E. coli chromosome showing positions of oriC (green line) and ter sites (above) as well as dif and rrn operons A–E, G, and H (below) is shown above the plotted data. The MFA raw data were taken from Rudolph et al. (2013) and re-plotted to allow changes the scale of the plots, if necessary, and to highlight specific schematic features of the E. coli chromosome. A magnified view of the replication profile in the termination area is shown in the enlarged circle.


In E. coli, the replichore arrangement results in certain asymmetric features of the chromosomal halves. For example, the leading and lagging strands show a nucleotide composition bias, with G being overrepresented in the leading strand (Wu and Maeda, 1987; Lobry, 1996; Blattner et al., 1997). The contributions from transcription and replication toward this bias is still under debate (Francino et al., 1996; Rocha et al., 2006; Chen et al., 2016), but replication and replication-linked processes, such as cytosine deaminations, which were shown to occur preferentially in the lagging strand (Bhagwat et al., 2016), clearly contribute. The compositional bias results in a sharp transition both at the origin and the terminus near the dif dimer resolution site (Wu and Maeda, 1987; Lobry, 1996; Blattner et al., 1997; Lobry and Louarn, 2003). In addition, the KOPS 8-mer (FtsK Orienting Polar Sequences) is asymmetric, with a preference of pointing toward the dif chromosome dimer resolution site. This allows not only binding, but also the directional movement of Ftsk, which is essential for the unlinking of chromosome dimers that can arise as a result of an odd number or recombination events (Bigot, 2005; Levy et al., 2005; Barre, 2007; Sherratt et al., 2010).

Higher order genome organization appears to correlate to some extent with the replichore arrangement. In initial experiments it was observed that relatively large regions of the chromosome colocalize in vivo, leading to the suggestion of the existence of one macro domain that contains the origin area and a second macrodomain that contains the terminus area of the chromosome (Valens et al., 2004; Verma et al., 2019). The macrodomain structure of the chromosome was further investigated with fluorescence-microscopy and recombination-based approaches as well as, most recently, with chromosome conformation capture methods (3C), leading to the idea that the E. coli chromosome is divided into four macrodomains (Ori, Ter, Left, and Right) as well as two more flexible and non-structured regions, NS-L and NS-R, that flank the Ori macrodomain (Liu et al., 2010; Duigou and Boccard, 2017; Verma et al., 2019; Figure 1A).



THE TERMINATION AREA IN ESCHERICHIA COLI

One peculiarity of the termination area both in E. coli and B. subtilis is the ability to restrict fork movement via a “replication fork trap,” a series of protein-DNA complexes that are asymmetric. An approaching fork coming from one direction can displace the bound protein and continue to traverse the chromosome, while a fork coming from the other direction will be paused and unable to proceed past the block for some time. The short DNA sequences involved are called terminator, or ter, sequences. In E. coli each ter sequence can be bound by a single Tus protein (terminus utilization substance), while in B. subtilis ter sequences are bound by an Rtp (replication termination protein) dimer. Both E. coli and B. subtilis are similar in that the ter sequences are positioned to form two opposed groups that allow replication fork complexes to enter but not exit the termination region. However, the overall size of the termination area differs significantly: while in E. coli ter sequences are distributed over >40% of the chromosome (Figure 1A), the spread is much narrower in B. subtilis (<10%). However, in normally growing E. coli cells, only the four inner-most ter sites, terC and terB on one side and terA and terD on the other, are substantially involved in the arrest of DNA replication (de Massy et al., 1987; Hill et al., 1987; Duggin and Bell, 2009). Thus, these four sites are considered to be the primary fork trap, and with about 9% their spread is similar to the spread of ter sites in the B. subtilis chromosome (Figure 1A).

In E. coli MG1655, terC is generally the first ter/Tus complex to be encountered by a replisome (Duggin and Bell, 2009). terC is located almost directly opposite the origin and will arrest the replisome traversing the chromosome in clockwise orientation (Figure 1A). The second innermost ter site is terA, which is located in a slightly more asymmetric position (Figure 1A). The outer terminators are probably used only rarely (Griffiths and Wake, 2000; Duggin and Bell, 2009). However, it is important to note that ter/Tus complexes are not systematically involved in replication termination. This was already shown by early labeling experiments (Bouché et al., 1982) and supported more recently by high-resolution replication profiles established via deep sequencing.

High-resolution replication profiles can be generated from marker frequency analyses (MFA) by deep sequencing (Skovgaard et al., 2011; Rudolph et al., 2013; Müller et al., 2014). MFA is generated by plotting the ratio of uniquely mapped sequence reads per 1 kb window in a replicating sample relative to a non-replicating control (stationary phase wild type cells). The replication profile for rapid growing wild type cells shows the location of oriC as a clear maximum, while a minimum in the termination area shows the most common fork fusion point (Skovgaard et al., 2011; Rudolph et al., 2013; Ivanova et al., 2015).

The fact that replication profiles show a distinct V-shaped low point (Figure 1B) suggests that the majority of fork fusions in E. coli take place near the arithmetic mid-point. Indeed, we observed that the low point of the replication profiles in the presence and absence of a functional fork trap was in the same location (Rudolph et al., 2013; Ivanova et al., 2015; Dimude et al., 2016), suggesting that both replisomes traverse their replichores with similar speeds and fuse freely within the innermost ter sites. It appears that the fork trap is only involved in termination if one replisome is delayed at an obstacle on its way through the replichore (Duggin et al., 2008; Duggin and Bell, 2009).

A recent analysis from Galli et al. (2019) has shown that Tus-related sequences are found in most Enterobacteriales, in the Pseudoalteromonas, and in most Aeromonadales. In contrast, RTP-related sequences are restricted to a subgroup of the Bacillales (Galli et al., 2019). Indeed, sequence analysis suggests that a replication fork trap is absent in many bacterial species. This was experimentally demonstrated for the two circular Vibrio cholerae chromosomes (Galli et al., 2019). Similarly, no specific termination-related pause sites have been identified in eukaryotes and archaea, even though multiple replication origins per chromosome result in a much higher number of fork fusions. It appears that replication effectively terminates at random locations between origins (Duggin et al., 2011; Hawkins et al., 2013; Samson et al., 2013; Gambus, 2017).

The absence of any significant sequence or structural similarity of the components of the fork trap in E. coli and B. subtilis indicates that fork trap systems have evolved via convergent evolution (Neylon et al., 2005). If this is the case, then the system would be expected to have an important physiological function. However, early studies suggested that the inactivation of the fork trap both in B. subtilis and E. coli has very little effect on growth rate and cell morphology (Iismaa and Wake, 1987; Roecklein et al., 1991), suggesting that our understanding of the physiological role of the termination area is incomplete. We will explore possible roles of the replication fork trap later in this review.



COORDINATING REPLICATION AND TRANSCRIPTION

The combination of a single point of replication initiation with a fork trap mechanism enforces a strong directionality of replication in wild type cells, as each replichore is replicated in a defined orientation under normal conditions. It was suggested that this directionality might be advantageous (Brewer, 1988; French, 1992; Dimude et al., 2016). Replication and transcription move with very different speeds, as transcription is significantly slower than DNA replication (Vogel and Jensen, 1994; Dennis et al., 2009), and, given that both processes utilize the same template, conflicts are unavoidable. Indeed, highly transcribed genes were found to be preferentially located on the template for the leading strand in a number of bacterial species, resulting in the co-directional movement of replisomes and transcribing RNA polymerase complexes (Brewer, 1988; McLean et al., 1998; Rocha and Danchin, 2003; Evertts and Coller, 2012). In E. coli, global co-orientation is only just under 55%, but over 90% of genes encoding ribosomal proteins, which are particularly highly transcribed, show co-directionality of replication and transcription (Brewer, 1988; McLean et al., 1998; Figure 1A). A higher general co-orientation was observed in other bacteria, with more than 70% of genes being transcribed co-directionally with replication in B. subtilis and Mycoplasma pneumonia, with virtually all genes that code for ribosomal proteins being transcribed co-directionally with replication (McLean et al., 1998).

The co-directionality of highly transcribed genes and DNA replication indicates head-on encounters of replisomes with transcribing RNA polymerase complexes are particularly problematic (French, 1992; Rudolph et al., 2007a; Kim and Jinks-Robertson, 2012; McGlynn et al., 2012; Merrikh et al., 2012), even though any encounter can interfere with ongoing DNA replication (Merrikh et al., 2011; Lang and Merrikh, 2018). Indeed, it was shown in both E. coli and B. subtilis cells that replication of a highly transcribed rrn operon in an orientation opposite to normal caused significant problems (Wang et al., 2007; Boubakri et al., 2010; Srivatsan et al., 2010; De Septenville et al., 2012; Million-Weaver et al., 2015).

In eukaryotic cells, replication–transcription encounters are expected to cause similar problems. However, initially the analysis of replication and transcription directionality in human cells has revealed little overall bias, suggesting that the orientation of open reading frames might be effectively random (Necsulea et al., 2009; Hyrien, 2015), perhaps with the exception of yeast, in which a replication barrier prevents forks from entering highly transcribed ribosomal DNA repeats in a head-on orientation (Hyrien, 2000; Mirkin and Mirkin, 2007; Evertts and Coller, 2012). This view has recently changed. A recent study showed a preference for replication initiation sites in human cells to occur in the immediate vicinity of transcription start sites, while termination of synthesis occurs at the 3′ end of genes, highlighting that the same fundamental principle of co-directionality applies in human cells (Chen et al., 2019).



CONSTRAINTS OF THE BACTERIAL REPLICHORE ARRANGEMENT

While there is a certain esthetic beauty to the straightforward bacterial replichore arrangement, this system also imposes significant constraints. If replication is initiated exclusively at a single origin, then the ability of fast growth is directly linked to the speed of chromosome duplication. Indeed, the speed of replication in E. coli is 650–1000 nt × s–1 (Pham et al., 2013), which is about 20 × faster than DNA replication in human cells (Méchali, 2010). The use of 30,000–50,000 origins in human cells can compensate for slow speed and the longer duplication time of the larger genome, and indeed, in Xenopus laevis and Drosophila melanogaster, origins are activated at very short intervals during early embryonic development (Méchali, 2010). Bacteria such as E. coli have to utilize overlapping rounds of DNA synthesis in order to achieve a cell duplication period that is shorter than the time required to duplicate the entire chromosome (Dewachter et al., 2018). Chromosome duplication is completed in approximately 40 min, but cells can divide every 20 min in rich medium that allows overlapping rounds of DNA replication. Indeed, under conditions where progression of ongoing DNA synthesis is blocked by DNA lesions while initiation at oriC can still take place, a temporary cell division period of <15 min is observed once the lesions have been eliminated, allowing all initiated forks rapidly to generate complete chromosomal copies (Rudolph et al., 2007b, 2010b).

The presence of a replication fork trap as part of the chromosome architecture in bacteria would appear to be particularly problematic in the face of obstacles to DNA replication. While replication in E. coli is very fast and accurate, progression of synthesis will always encounter obstacles, including stable protein-DNA complexes, secondary structures, a variety of DNA lesions and other problems (Cox, 2001; McGlynn et al., 2012; Merrikh et al., 2012). If duplication of a chromosome is restricted to two replication forks and a replication fork trap is present, such obstacles can have potentially disastrous consequences. If one fork is permanently blocked, a replication fork trap will prevent it being rescued by the second fork, as this fork will also be blocked (Dimude et al., 2016). We believe that this particular problem explains in part why replication restart proteins such as PriA are so prominent in bacteria (Dimude et al., 2016), as these proteins are essential for the re-recruitment of functional replisomes following the removal of obstacles of damage (Gabbai and Marians, 2010; Windgassen et al., 2018).

Why are bacterial chromosomes exclusively replicated using a single origin if this scenario can be problematic? In eukaryotic cells, under-replicated stretches of DNA can trigger activation of “dormant” origins that aid the completion of DNA synthesis if progression of early forks is delayed by obstacles or damage (Blow et al., 2011; Courtot et al., 2018). Whilst archaea predominantly carry circular chromosomes, at least some species utilize multiple origins to replicate their genomes (Lundgren et al., 2004; Wu et al., 2014). Thus, the consistent use of a single origin in bacteria may seem surprising, especially as gross chromosomal rearrangements can occur relatively frequently (Umenhoffer et al., 2017).



INTRODUCING A SECOND ORIGIN INTO THE E. COLI CHROMOSOME

Given the multiple origins per chromosome in archaea and eukaryotes, researchers have asked whether multiple origins can be utilized in bacterial chromosomes. The Sherratt lab was able to integrate a 5 kb oriC fragment near the lac operon into the E. coli chromosome, roughly in the middle of the right-hand replichore (Wang et al., 2011). To distinguish this origin from the native oriC, this origin was termed oriZ even though the sequence is identical to oriC (Figure 2A). Cells carrying both oriC and oriZ, which we will refer to as oriC+ oriZ+ cells, were reported to have doubling times similar to wild-type cells, and fluorescence microscopy confirmed that both origins are active and fire simultaneously (Wang et al., 2011).
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FIGURE 2. Chromosome structure and replication dynamics in E. coli cells with additional ectopic replication origins. (A) Integration sites of 5 kb oriC fragments into pheA upstream of the rrnG operon, termed oriX, and near the lacZYA operon, termed oriZ (Wang et al., 2011; Ivanova et al., 2015; Dimude et al., 2018b). All genetic and structural elements shown are as described in Figure 1. (B) Marker frequency analysis of E. coli oriC+ oriX+ and oriC+ oriZ+ cells. The number of reads (normalized against reads for a stationary phase wild type control) is plotted against the chromosomal location. A schematic representation of the E. coli chromosome showing positions of oriC, oriX and oriZ (green lines) and ter sites (above) as well as dif and rrn operons A–E, G, and H (below) is shown above the plotted data. The MFA raw data were taken from Dimude et al. (2018b) and re-plotted to allow changes the scale of the plots, if necessary, and to highlight specific schematic features of the E. coli chromosome. (C) Integration site of a 5 kb oriC fragment, termed oriY, into malT, upstream of the rrnD operon. See text for details. (D) Marker frequency analysis in E. coli oriC+ oriX+ oriZ+ cells. The number of reads (normalized against reads for a stationary phase wild type control) is plotted against the chromosomal location. A schematic representation of the E. coli chromosome showing positions of oriC, oriX, and oriZ (green lines) and ter sites (all above) as well as dif and rrn operons A–E, G, and H (all below) is shown above the plotted data. The MFA raw data were taken from Dimude et al. (2018b) and re-plotted to allow changes the scale of the plots, if necessary, and to highlight specific schematic features of the E. coli chromosome.


In line with the fluorescence microscopy data (Wang et al., 2011) the replication profile of oriC+ oriZ+ cells shows a second maximum at the location of oriZ and an additional and ectopic local minimum between oriC and oriZ (Figure 2B), indicative of a second fork fusion point (Rudolph et al., 2013; Ivanova et al., 2015). However, the primary minimum of the replication profile shows a distinct step in between terA and terB/C in oriC+ oriZ+ cells, rather than a V-shape. As oriZ is roughly in the middle of the right-hand replichore, forks initiated at oriZ and traversing toward the termination area only have to duplicate 1/4 of the chromosome before they reach the fork trap area, while the fork initiated at oriC and proceeding counterclockwise has to replicate the entire replichore. Thus, within a randomly growing population there will be significantly more cells in which forks coming from oriZ will get trapped at terC and subsequent ter sites until the second fork reaches this area, resulting in the defined “step” between terA and terC (Figure 2B).

In the initial analysis, the doubling time of oriC+ oriZ+ and wild type cells was found to be similar (Wang et al., 2011). However, when we measured the doubling times for MG1655 and oriC+ oriZ+ constructs in direct comparison, we found that oriC+ oriZ+ cells grew slightly slower in two independent studies (∼21 min in comparison to ∼20 min in wild type cells) (Ivanova et al., 2015; Dimude et al., 2018b).

We also integrated the same 5 kb oriC fragment roughly into the middle of the left-hand replichore, which resulted in the generation of oriC+ oriX+ cells (Figure 2A; Dimude et al., 2018b). The replication profile of these cells proved very similar to the profile observed in oriC+ oriZ+ cells (Figure 2B). MFA analysis confirmed that oriX was active and suggests that both oriC and oriX fire simultaneously in the majority of cells, a result confirmed via fluorescence microscopy (Dimude et al., 2018b). Replication profiles of oriC+ oriX+ cells showed the same general features as the profiles from oriC+ oriZ+ cells, including a step in the termination area which is located at terA (Dimude et al., 2018b).

As already observed for oriC+ oriZ+ cells, we again found the doubling times for oriC+ oriX+ constructs to be slightly longer (∼22 min vs. ∼19.5 min for wild type cells) (Dimude et al., 2018b), providing additional confirmation that the introduction of an additional ectopic origin interferes with genome duplication and/or segregation.

While the integration of a second ectopic origin proved relatively unproblematic in both replichores aside from the mild growth defect, other attempts were less successful. The integration of a plasmid-derived origin that could be induced with IPTG at a location ∼450 kb away from oriC was successful, but if this origin was active, it repressed activity of oriC (Kouzminova and Kuzminov, 2008). In another study, integration of a shorter oriC fragment in two chromosomal locations, one roughly equivalent to the oriZ position while the second was closer to the termination area (1.6 Mbp), did not result in any detectable initiation at the ectopic origins (Milbredt et al., 2016). The authors suggested that origin activity might be influenced by the presence of flanking genes (Milbredt et al., 2016), which would explain why the longer 5 kb oriC region stretch developed in the Sherratt lab (Wang et al., 2011) proved active. However, our attempts to integrate the same 5 kb oriC fragment into the malT gene at 76.5 min, approximately 1/4 into the left-hand replichore, to generate oriC+ oriY+ cells (Figure 2C), proved unsuccessful. We had little difficulty getting chromosomal integrations displaying the correct antibiotic resistance. However, the oriY was not active and PCR analysis of two independent oriY constructs showed that the oriC core elements were either truncated or completely absent (Dimude et al., 2018b). The difference of the truncations observed suggests that they are spontaneous mutations, arising perhaps because of a toxicity caused by an active origin being integrated in this precise location. Given that the integration of the antibiotic resistance marker occurred without any problem, it appears that the integration of an ectopic sequence in this location is unproblematic.



INTRODUCING THREE ORIGINS INTO THE E. COLI CHROMOSOME

We went on to generate an oriC+ oriX+ oriZ+ strain with three origins, which proved unproblematic. However, the replication profile of this construct revealed a surprising detail: the peak heights of ectopic origins oriZ and oriX were reduced in comparison to the peak height of the native oriC (Figure 2D; Dimude et al., 2018b). This indicates that both ectopic origins, oriX and oriZ, are used less frequently than the native oriC, a result that contrasts with both double-origin constructs where the peak heights of the native oriC and the ectopic origin were very similar (Dimude et al., 2018b). Replication profiles are population-based, and for this reason allow little insight into origin usage in single cells. To directly visualize active replisomes in oriX+ oriC+ oriZ+ cells we used YPet-DnaN, a fluorescently tagged version of the β sliding clamp. Previously we observed that the signal in double-origin cells produced defined foci, as described before (Wang et al., 2011). In contrast, foci in triple-origin cells were much less defined. The analysis of foci, which are not only in close proximity but, in addition, not particularly well defined, proved rather difficult. However, we observed some cells with three separate foci, indicating that all three origins are active in these cells. However, the replication profiles clearly show a reduced activity of the ectopic origins in comparison to oriC, as the peak height of both ectopic origins is lower than the peak height of oriC. The difference in peak heights suggests that in some cells only two origins are active, but as the oriC peak is the highest it indicates that in these cells one of the two active origins is always the native oriC, whereas the ectopic origin is either oriX or oriZ.

We also observed that cultures of triple-origin cells showed an increase of cells with no foci. This could be due to a frequent failure of ongoing replication. Alternatively, it could highlight a failure to initiate replication. For example, a threshold concentration of the DnaA initiator protein is required for successful initiation (Boye et al., 2000). An increase in the number of origins will lead to an increase in the number of DnaA binding sites, which will cause a drop in the concentration of free DnaA. In a fraction of cells this drop might result in none of the origins being activated, as observed. No such effect was observed in any of the double-origin constructs (Wang et al., 2011; Ivanova et al., 2015; Dimude et al., 2018b), indicating that levels of free DnaA must be high enough to allow simultaneous initiation if two origins in the vast majority of cells. Thus, we currently do not know the precise molecular effects that cause formation of cells with no foci.

The fact that oriC activity is highest in triple-origin cells (Figure 2D) demonstrates that the capacity for oriC being active is highest in its native location, highlighting the importance of genome organization in the vicinity of oriC, and the importance of the location of oriC itself. We are only just beginning to appreciate the complexity of the three-dimensional structure of the nucleoid in bacterial cells. Indeed, changes of the oriC position were shown to alter the position of the Right and Left chromosomal macrodomains, highlighting that the position of oriC has a significant effect on chromosome organization (Duigou and Boccard, 2017). In addition, global gene order is surprisingly conserved between closely related prokaryotic species (Tamames, 2001). This order will get disrupted if additional origins are introduced into the chromosome, and we are only now starting to appreciate the effects this might have. Finally, the toxicity caused by oriY integration supports the idea that either the precise location of an active origin or the relative position of two active origins to each other can have strong effects (Dimude et al., 2018b), as observed (Kouzminova and Kuzminov, 2008).



DNA REPLICATION IN CELLS WITHOUT ACTIVE REPLICATION ORIGINS

The initiation of DNA synthesis at defined origins is a universal feature found in bacteriophages and viruses, prokaryotes, archaea, and eukaryotic cells (Costa et al., 2013). However, cells can survive without an active origin of replication. A recent study from the Allers lab (Hawkins et al., 2013) reported that Haloferax volcanii, a halophilic archaeon that grows in high salt environments under high osmotic pressure (Mullakhanbhai and Larsen, 1975), can not only tolerate deletion of all chromosomal origins, but grows with a doubling time faster than that of wild type cells (Hawkins et al., 2013). Haloferax cells contain a main chromosome, three secondary chromosomes, and a plasmid. High-resolution MFA revealed that the main chromosome is replicated from three origins, with a laboratory isolate showing a fourth, ori-pHV4, which is located in an integrated plasmid (Hawkins et al., 2013).

The deletion of single origins resulted in only mild growth rate reductions (Hawkins et al., 2013), as observed in other archaea (Samson et al., 2013; Wu et al., 2014). In contrast, deletion of multiple origins resulted in improved growth rates, and a derivative in which all replication origins were deleted grew faster than wild type cells, an effect that appears to be driven by recombination-dependent replication (Hawkins et al., 2013), replication that initiates at recombination intermediates (Hawkins et al., 2013; Michel and Bernander, 2014).

The ability to grow in the absence of replication origins is not a new finding. Kogoma and coworkers discovered that DNA intermediates involved in transcription (R-loops) and recombination (D-loops) can act as initiation points for DNA replication in E. coli (Kogoma and von Meyenburg, 1983). This type of synthesis was called constitutive stable DNA replication, or cSDR (Kogoma, 1997). DNA synthesis observed following DNA damage is a second type of stable DNA replication. This type requires induction of the SOS DNA damage response and was termed induced SDR (iSDR) (Kogoma, 1997).

Kogoma and co-workers described that cSDR in E. coli cells lacking RNase HI is persistent enough to allow successful cellular replication in the absence of an active oriC (Kogoma, 1997). It was suggested that the initiation at R-loops is the main driver of chromosome replication in these cells, because RNase HI specifically degrades RNA from DNA:RNA hybrids (de Massy et al., 1984; Kogoma, 1997; Tadokoro and Kanaya, 2009). In line with this idea, cSDR is also found in cells lacking the topA gene, which encodes for topoisomerase I. Topoisomerase I relaxes negative supercoiling to prevent the persistence of DNA-RNA hybrids. Consequently, cells lacking topoisomerase I show hyper-negative supercoiling, increased levels of R-loops, and cSDR (Brochu et al., 2018). R-loops can also arise when transcription fails to terminate. In E. coli, Rho-dependent transcription termination acts as a surveillance mechanism to keep pervasive transcription in check, which may otherwise lead to the formation of R-loops (Leela et al., 2013). Such R-loops may provide nucleating points for cSDR. Indeed, in strains mutated for rho, plasmids with a ColE1-like replication origin, which relies on R-loop formation for the initiation of synthesis, undergo runaway plasmid replication, and a combination of rho with other genes involved in R-loop removal caused synthetic lethality (Harinarayanan and Gowrishankar, 2003).

In recent studies, replication profiles revealed in more detail the locations where cSDR is initiated, which are reasonably well-defined, including one particularly strong site roughly 500–600 kb clockwise from oriC at ∼4.5 Mbp, as well as a peak of synthesis in the termination area (Maduike et al., 2014; Dimude et al., 2015; Veetil et al., 2020). Despite a detailed analysis of the locations of initiation sites, the precise molecular mechanism that triggers the initiation of DNA synthesis in these defined locations is not fully understood (Maduike et al., 2014; Dimude et al., 2015; Veetil et al., 2020). But the synthesis observed is strong enough to allow continuous replication of the entire chromosome in the absence of oriC firing, and cells lacking the rnhA gene, which encodes for RNase HI, can tolerate the deletion of the entire oriC area (Kogoma, 1997; Dimude et al., 2015). However, growth of ΔrnhA cells in the absence of oriC firing is slow and growth of dnaA(ts) ΔrnhA cells at restrictive temperature is sensitive to rich medium, such as LB broth (Kogoma, 1997). This broth-sensitivity can be partially alleviated by an rpoB∗35 allele (Dimude et al., 2015), a point mutation in the rpoB gene which encodes for the β subunit for RNA polymerase and which destabilizes ternary RNA polymerase complexes (Trautinger et al., 2005; Rudolph et al., 2007a). In addition, cells lacking RNase HI were reported to be synthetically lethal when also missing the homologous recombination proteins RecBCD (Itaya and Crouch, 1991), and this synthetic lethality can again be partially suppressed by an rpoB∗35 (called rpo∗ hereafter for simplicity) point mutation (Dimude et al., 2015), indicating that replication-transcription conflicts are a strong contributor to these effects.

RecBCD is involved in homologous recombination and is a key component needed for the processing of double-stranded DNA ends (Singleton et al., 2004). It binds to blunt or near-blunt double-stranded DNA (dsDNA) substrates (Dillingham and Kowalczykowski, 2008). RecB and RecD are both helicases, but they have different polarities: RecB is a 3′ to 5′ helicase, while RecD translocates in 5′ to 3′ direction (Dillingham and Kowalczykowski, 2008). Available dsDNA ends will be unwound and very rapidly degraded by the RecBCD complex (Dillingham and Kowalczykowski, 2008; Wiktor et al., 2018) until a chi site is reached (Smith, 2012). Chi sites are asymmetric octamers which can inhibit the degradation of the 3′ end by RecBCD while degradation of the 5′ end proceeds. Thus, upon reaching a chi site, degradation by RecBCD is modified so that a 3′ ssDNA overhang suitable for the loading of RecA recombinase is produced (Singleton et al., 2004).

It has become clear that RecBCD is very important for the resolution of intermediates that arise from replication-transcription conflicts (Syeda et al., 2016). RecBCD proved to be essential for the viability of fast-growing E. coli cells, in which one of the rrn operons was artificially inverted to force head-on replication-transcription encounters (De Septenville et al., 2012). The fact that ΔoriC ΔrnhA cells are broth sensitive and that ΔrecB ΔrnhA cells are synthetically lethal, with both effects being partially alleviated by an rpo∗ point mutation (Dimude et al., 2015), strongly suggests that DNA synthesis triggered at R-loops in cells lacking RNase HI in chromosomal areas away from oriC suffers from collisions with transcribing RNA polymerase complexes and requires processing by DNA repair and recombination proteins. Similarly, cells lacking Dam methylase, which has a role in strand-discrimination for methyl-directed mismatch repair, can grow in the absence of a functional origin, an effect that is likely to be caused by recombination-dependent replication triggered at now undirected MMR repair sites (Raghunathan et al., 2019). Analogously to cells lacking Rnase HI, an rpo∗ point mutation is one important factor that is required for Δdam cells to grow in the absence of oriC firing (Raghunathan et al., 2019).



REPLICATION OBSTACLES IN CELLS CARRYING THE ECTOPIC REPLICATION ORIGIN ORIZ

While the deletion of all origins in Haloferax appears to allow faster growth of cells, at least under laboratory conditions (Hawkins et al., 2013), the same is not the case in bacteria such as E. coli and B. subtilis. Cells being forced to use initiation sites other than oriC, such as ΔrnhA cells in the absence of oriC firing, suffer considerable problems. Indeed, previous studies in B. subtilis where DNA replication initiated exclusively at an ectopic origin showed a substantial delay of replication at highly transcribed rrn operons encountered in an orientation opposite to normal (Wang et al., 2007; Srivatsan et al., 2010).

In ΔoriC oriZ+ cells the chromosome is replicated exclusively from the ectopic oriZ, very similar to the described situation in B. subtilis. It was therefore a surprise when Wang et al. (2011) reported that ΔoriC oriZ+ cells grew with a doubling time very similar to that of wild type cells. Indeed, when we re-generated a ΔoriC oriZ+ construct, we found its doubling time to be over 40 min. ΔoriC oriZ+ cells seriously struggle to grow and rapidly accumulate suppressor mutations that allow faster growth (Ivanova et al., 2015).

The replication profile of ΔoriC oriZ+ cells revealed two major obstacles to replication. The asymmetry of the replichore arrangement is even more extreme in ΔoriC oriZ+ cells than in oriC+ oriZ+ cells, as the fork traversing counterclockwise has to replicate 3/4 of the entire chromosome. Consequently, the “step” within terA and terC is strongly pronounced (Ivanova et al., 2015). But replication initiated at oriZ and traversing the chromosome counter-clockwise also encounters the highly transcribed rrnH and rrnCABE operons in an orientation opposite to normal (Figure 2A), resulting in significant problems (Ivanova et al., 2015), in line with results in B. subtilis (Wang et al., 2007, 200; Srivatsan et al., 2010). A clear prediction of these observations is that the slow growth phenotype of ΔoriC oriZ+ cells should be suppressed by two classes of mutations: the inactivation of the replication fork trap as well as any mutation that causes a reduction of the severity of conflicts between replication and transcription. This is indeed what we observed. The slow growth phenotype of ΔoriC oriZ+ cells was partially suppressed by the inactivation of the replication fork trap (Δtus) and an rpo∗ point mutation (Ivanova et al., 2015). However, the fast growth of the original ΔoriC oriZ+ construct by Wang et al. (2011) was caused by a suppressor mutation that solved the problem in a far more elegant way: their fast growing ΔoriC oriZ+ strain carried a substantial inversion. This inversion spanned, with the exception of rrnH, almost the entire remaining portion of the chromosome that would have been replicated in the wrong orientation from oriZ, including the entire rrnCABE operon cluster. Thus, the problem in these cells was solved simply by the re-alignment of replication and transcription (Figure 3A; Ivanova et al., 2015), strongly supporting to the notion that avoiding head-on collisions has significantly contributed to shaping the distinct architecture of bacterial chromosomes.
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FIGURE 3. Chromosomal rearrangements in E. coli cells replicating from a single ectopic replication origin. (A) Replication profiles of E. coli cells with a single ectopic replication origin. Shown is the marker frequency analysis of E. coliΔoriC oriZ+ cells. The number of reads (normalized against reads for a stationary phase wild type control) is plotted against the chromosomal location. A schematic representation of the E. coli chromosome showing positions of oriC (gray to indicate the deletion) and oriZ (green line) and ter sites (above) as well as dif and rrn operons A–E, G, and H (below) is shown above the plotted data. A clear discontinuity of the profile can be seen in (panel i) (marked by a gray bar), which is due to a large inversion, as highlighted by the continuous replication profile that results if the area highlighted (red bar indicates the inverted area) is inverted. The MFA raw data were taken from Ivanova et al. (2015) and re-plotted to allow changes the scale of the plots, if necessary, and to highlight specific schematic features of the E. coli chromosome. (B) Replication profiles of E. coliΔoriC oriX+ cells. A clear discontinuity of the profile can be seen in panel i (marked by a gray bar), which is due to a large inversion, as highlighted by the continuous replication profile that results if the area highlighted (red bar indicates the inverted area) is inverted. The MFA raw data were taken from Dimude et al. (2018b) and re-plotted to allow changes the scale of the plots, if necessary, and to highlight specific schematic features of the E. coli chromosome. (C) Replication profiles of E. coliΔoriC oriX+ Δtus cells. A clear discontinuity of the replication profile can be seen between the rrn operons A and B, which is due to a duplication of the entire region. See text for details.


This idea is further supported by the fact that a variety of different repair systems are present in cells dedicated to dealing with tightly bound DNA-protein complexes. In E. coli, a variety of helicases promote fork progression through tightly bound nucleoprotein complexes, including Rep, UvrD, and DinG (Guy et al., 2009; Boubakri et al., 2010; Atkinson et al., 2011). Rep is considered an accessory replicative helicase because Rep physically associates with the replicative helicase, DnaB (Bochman et al., 2010; Brüning et al., 2014; Syeda et al., 2019). Chromosome duplication takes almost twice as long in Δrep cells than in wild type cells (Lane and Denhardt, 1975; Guy et al., 2009; Atkinson et al., 2011). In addition, enzymes involved in homologous recombination play an important role in assuring that replication forks move successfully through highly transcribed areas (Cox, 2001; Dillingham and Kowalczykowski, 2008; Boubakri et al., 2010; De Septenville et al., 2012; Michel et al., 2018), as already discussed above.

Why are a variety of repair systems needed to deal with stably bound DNA-protein complexes? When we investigated viability and replication profiles of cells lacking Rep helicase, we found a much-increased origin/terminus ratio (cf. Figures 4Ai,ii; Dimude et al., 2018a). The replication profiles reveal no specific areas that appear problematic. As replication profiles are population-based, this observation suggests that Rep acts on average at sites relatively evenly distributed throughout the chromosome. However, the replication profile of oriC+ oriZ+ Δrep cells revealed that the progression of DNA replication is very effectively blocked by rrn operons encountered in a head-on orientation, as indicated by the rather abrupt change of the replication gradient at rrnH (cf. Figures 4Bi,ii). Indeed, ΔoriC oriZ+ Δrep cells are inviable (Dimude et al., 2018a). Viability is restored by an rpo∗ mutation in which replication-transcription conflicts are lessened, and the replication profiles show that synthesis can indeed proceed (Dimude et al., 2018a).


[image: image]

FIGURE 4. Replication dynamics and cell viability in cells with one or two active replication origins lacking either Rep helicase or RecBCD exonuclease. (A) Cells lacking Rep helicase show an increased origin/terminus ratio than wild type cells, indicating that replication fork progression is significantly slowed. The replication profiles are generated by plotting the number of sequence reads (normalized against reads for a stationary phase wild type control) against their chromosomal location. The schematic representation of the E. coli chromosome above each panel shows the positions of the two origins, oriC and oriZ, and ter sites (above) as well as the dif chromosome dimer resolution site and rrn operons A–E, G, and H (below). (B) Replication fork progression is blocked at the highly transcribed rrnH operon replicated in a direction opposite to normal in oriC+ oriZ+ cells lacking Rep helicase. Please note that the chromosomal coordinates are shifted in comparison to panel (A) so that oriC and oriZ next to each other. (C) Replication fork progression is arrested at rrnH if replication proceeds in an orientation opposite to normal, and oriZ peak height is much reduced in cells lacking RecBCD exonuclease (panel i). oriZ peak height is restored if SbcCD is missing in addition to RecBCD (panel ii). See text for details. For an in-depth discussion of the underrepresentation of sequence reads in the termination area please refer to Wendel et al. (2014), Sinha et al. (2017, 2018), and Dimude et al. (2018a). All raw data in panels (A–C) are taken from Dimude et al. (2018a) and re-plotted to allow changes the scale of the plots, if necessary, and to highlight specific schematic features of the E. coli chromosome. As for panel (B), please note that the chromosomal coordinates for panel (C) are shifted in comparison to panel (A) so that oriC and oriZ are next to each other.


rrn operons encountered in a head-on orientation in cells lacking RecBCD block replication even more severely than in cells lacking Rep, and there is no indication of replisomes proceeding past rrnH, the first rrn operon encountered (Figure 4Ci). ΔoriC oriZ+ ΔrecB cells are inviable unless an rpo∗ point mutation is present, but even then, cells can only survive in minimal medium, in which a reduced growth rate means a slower doubling time and a reduced demand for rRNA in comparison to growth in rich medium. They remain synthetically lethal in LB and our replication profiles show that replication proceeds past rrnH with a low frequency, low speed, or both (Dimude et al., 2018a).

Replication profiles of oriC+ oriZ+ ΔrecB cells also showed a much-reduced peak height of oriZ, while firing of oriC appeared to be unaffected (Figure 4Ci). Peak height was restored in cells also lacking the exonuclease SbcCD (Figure 4Cii), indicating that extensive SbcCD-dependent degradation takes place in the absence of RecBCD at replication forks arrested at highly transcribed rrn operons (Dimude et al., 2018a).

Taken together, the data currently available suggest that replication-transcription conflicts can trigger different type of arrested forks, depending, for example, on the level of transcription. Indeed, it was shown that the mode of protein displacement of nucleoprotein complexes by RecBCD helicase/exonuclease varies depending on overall protein density (Terakawa et al., 2017). The different types of arrested of perhaps even collapsed replisomes then will require different types of processing that have to take place (2016; Dimude et al., 2018a). Replication coming from oriZ will encounter several genes that are transcribed in an orientation opposite to normal, and both co-directional as well as head-on conflicts are problematic (Merrikh et al., 2011, 2012; Lang and Merrikh, 2018). Nevertheless, there is no indication of any substantial block to replication in ΔrecB cells until the first highly transcribed region is reached. It appears that Rep helicase is sufficient to facilitate replisome progression through these areas. But when forks encounter a rrn operon in an orientation opposite to normal the situation differs significantly. The intermediates generated in this situation appear to be accessible to degradation by SbcCD (Dimude et al., 2018a) and other nucleases such as RecJ (De Septenville et al., 2012) and are extensively resected. In addition, ΔuvrD Δrep rpo∗ cells can only survive in the presence of both RecBCD and RecA, suggesting that the loading of RecA by RecBCD is required for the continuation of DNA replication (Syeda et al., 2016). Thus, both the failing to load RecA and the extensive resection contribute to rrnH being such a severe block in oriC+ oriZ+ ΔrecB cells (Dimude et al., 2018a). In contrast, no obvious resection is observed in cells lacking Rep (Dimude et al., 2018a).

It was suggested that DinG is an additional protein that is involved in aiding the progression of replication through highly transcribed areas of the chromosome (Baharoglu et al., 2010; Boubakri et al., 2010). Indeed, we were able to show that ΔoriC oriZ+ ΔdinG cells are synthetically lethal, an effect robustly suppressed by a rpo∗ point mutation. This result supports the idea that DinG is involved in underpinning replication of highly transcribed areas in E. coli. However, DinG is unable to directly promote replisome movement through stalled transcription complexes in vitro, and the replication profile of oriC+ oriZ+ ΔdinG cells do not reveal any abnormalities at rrnH (Hawkins et al., 2019), much in contrast to cells lacking either Rep or RecB (Dimude et al., 2018a). Thus, it seems that DinG might have an indirect effect in resolving replication-transcription encounters, potentially via its ability to unwind RNA:DNA hybrids (Voloshin and Camerini-Otero, 2007).



REPLICATION OBSTACLES IN CELLS CARRYING THE ECTOPIC REPLICATION ORIGIN ORIX

The results described so far strongly support the idea that replication-transcription conflicts are an important factor that have contributed to shaping the structure of bacterial chromosomes. In line with this idea, replication-transcription conflicts came up again when we tried to generate ΔoriC oriX+ cells. One rationale of integrating an ectopic replication origin into the left-hand replichore in the first place was the fact that there is only a single rrn operon (rrnD) between the integration location and oriC, together with a cluster of highly transcribed genes that code for ribosomal proteins. Thus, we speculated that replication-transcription conflicts might be less severe in this particular construct, whereas replication in ΔoriC oriZ+ cells has to overcome 5 highly transcribed rrn operons. However, the fact that the rpo∗ mutation improved doubling times of various ΔoriC oriX+ constructs suggests that conflicts still have a considerable impact (Dimude et al., 2018b).

Our studies in oriX cells revealed that, beside replication-transcription conflicts, the replication fork trap severely impacts on genome duplication in oriC+ oriX+ and ΔoriC oriX+ cells. In fact, similar to the situation in ΔoriC oriZ+ cells initially described (Wang et al., 2011; Ivanova et al., 2015), we found that our ΔoriC oriX+ construct contained a large inversion. This inversion spanned all blocking ter sites and flipped them into permissive orientation. Thus, the inversion allows replication to proceed unhindered (Figure 3B), demonstrating the impact of the replication fork trap on replication progression (Dimude et al., 2018b). The inversion also re-aligns the direction of replication and transcription in the way it is in oriC cells, and both the replication fork trap and replication-transcription conflicts might be an important factor here. However, if transcription generally interferes with replication, a prediction is that for both oriC+ oriX+ Δtus and oriC+ oriZ+ Δtus cells forks escaping the termination area should be slowed down, as their progression into the opposite replichore would force an increased number of head-on collisions. If forks escaping the termination area are slower than forks coming from the native oriC, the fork fusion point should be shifted from the location equidistant to both origins toward the termination area. However, this is not what we observed. In oriC+ oriX+ Δtus cells the fork fusion point was close to the arithmetic mid-point between oriC and oriX and only slightly shifted toward the termination area (∼20 kb) (Dimude et al., 2018b), while for oriC+ oriZ+ Δtus cells forks terminated 60 kb in the direction of oriC (Ivanova et al., 2015; Dimude et al., 2016). We do not have any direct information about the speed of individual forks, but these results suggest that the forks leaving the termination area and traveling in the wrong orientation have, on average, a similar speed to the forks coming from oriC (oriX) or are even slightly faster (oriZ) (Ivanova et al., 2015; Dimude et al., 2016, 2018b), similar to the situation observed in Vibrio cholerae where replication forks simply fused opposite the origin even when the origin was moved to an ectopic location (Galli et al., 2019).

A clue for an additional factor that might contribute to replication dynamics and genome structure comes from the observation that one of our ΔoriC oriX+ Δtus constructs had acquired a spontaneous duplication of the chromosomal stretch containing rrn operons A and B (Figure 3C). Highly transcribed genes tend to be located in relative vicinity to the origin. In fast growing cells this area can be in a ratio of four to one relative to the termination area or even higher. The increased number of gene copies results in a gene dosage effect (Jin et al., 2012). The rrn operons CABE and D are all located in close proximity to oriC, causing an increased gene dosage in fast-growing cells (Jin et al., 2012). If, however, the origin is shifted from its original location into the left-hand replichore, rrn operons CABE and H are all in quite a distance from the active origin, which results in a lower copy number. This effect will be less pronounced in ΔoriC oriZ+ cells, because the location of oriZ is in close proximity to rrnH and the rrnCABE cluster. It was reported before that inactivation of up to three of the rrn operons in E. coli caused significant upregulation of the remaining rrn operons, thereby compensating for the reduced copy number (Condon et al., 1993). However, especially if multiple rrn operons are affected, a reduced growth rate was observed (Condon et al., 1993).

Chromosomal replication starting exclusively at oriX will transfer especially the rrnCABE cluster and rrnH into a completely different chromosomal environment, as movement of the oriC position was shown to alter the position of the chromosomal macrodomains (Duigou and Boccard, 2017). Indeed, it was shown that expression of a reporter cassette under control of the lac promoter showed a 300-fold variation in transcription levels depending on its precise integration location into the chromosome (Bryant et al., 2014; Scholz et al., 2019), and displacement of pleiotropic genes were indeed shown to affect the phenotype and competitive growth fitness of cells (Gerganova et al., 2015). If rrnCABE and H are less transcribed in ΔoriC oriX+ cells this might contribute to the explanation why we struggled particularly with the generation of ΔoriC oriX+ cells, and it would suggest that the observed duplication of rrnA and B are indeed beneficial to the competitive fitness of our ΔoriC oriX+ Δtus construct (Dimude et al., 2018b). It might also explain why the inversion found in the initial ΔoriC oriZ+ construct generated in the Sherratt Lab (Wang et al., 2011) is a particularly efficient suppressor, as it not only realigns replication and transcription, but also brings the rrnCABE cluster back into close proximity of the only active origin, oriZ (Ivanova et al., 2015).



MAKING SENSE OF THE REPLICATION FORK TRAP

The gross chromosomal rearrangement in ΔoriC oriX+ cells that flipped all ter sites from blocking into permissive orientation strongly highlights the constraint imposed by such a replication fork trap on genome duplication (Dimude et al., 2018b). Any arrest of one of the two forks cannot be alleviated by simply waiting until the second fork arrives, as this fork will be blocked by the fork trap. However, ter/Tus complexes are not systematically involved when replication forks fuse. Early labeling experiments (Bouché et al., 1982), and more recently MFA (Rudolph et al., 2013; Ivanova et al., 2015; Dimude et al., 2016), indicates that in wild type E. coli cells the majority of forks fuse close to the arithmetic mid-point, somewhere between the dif chromosome dimer resolution site and terC (Rudolph et al., 2013; Ivanova et al., 2015; Dimude et al., 2016). Thus on a population basis both the clockwise and counterclockwise fork appear to move normally with similar speeds, which results in a fusion of two freely moving replisomes within the innermost ter sites, at least under laboratory conditions. It seems that the fork trap mostly comes into play upon a delay of one of the two forks at an obstacle, such as a nucleoprotein complex or a DNA lesion.

If the replication fork trap is not systematically involved in termination what might be its physiological role? Together with a single origin of replication, it certainly contributes to strictly maintaining replicational directionality within the two replichores, and it was suggested that a fork trap is important to maintain the co-directionality of transcription and replication (Brewer, 1988; Rudolph et al., 2007a). Given the strong impact of replication-transcription clashes described above and elsewhere, and the many repair pathways dealing with such conflicts, this will be an important factor (McGlynn et al., 2012; Merrikh et al., 2012; Lang and Merrikh, 2018).

However, it appears that many bacterial species do not utilize a dedicated fork trap (Galli et al., 2019). And, in E. coli, genome-wide co-directionality of replication and transcription is only approximately 55% (McLean et al., 1998). The vast majority of highly transcribed genes are transcribed co-directionally with replication (McLean et al., 1998), but all rrn operons and the majority of genes encoding for ribosomal proteins are in relative proximity to the origin (Jin et al., 2012; Dimude et al., 2016). Thus, a fork escaping the fork trap in E. coli would have to proceed for about 1 Mbp (1/4 of the chromosome) before any of the genes transcribed at very high levels would be reached (Figure 1A). Indeed, as highlighted above, replication in the vicinity of the termination area appears to proceed with speeds similar to replication coming from oriC, both in the left- and right-hand replichore (Ivanova et al., 2015; Dimude et al., 2018b). This observation does not rule out replication-transcription conflicts, as forks coming from oriC might also suffer from delays and we did not directly measure fork speed. However, for tRNA genes, which are highly transcribed under fast growth conditions and which are more globally distributed throughout the chromosome, we found a co-directionality of replication and transcription in the origin-proximal half of the chromosome only. In the origin-distal half relative orientation of replication and transcription is much more variable. Indeed, we were surprised to find a mild bias toward the head-on orientation for replication coming from oriC (Dimude et al., 2016). Thus, while avoiding clashes between replication and transcription is important, it remains debatable whether avoiding such clashes is the main purpose of the fork trap in E. coli.

Is the absence of the replication fork trap causing any phenotypes which might shed light on its physiological role? When working with oriX+ and oriZ+ strains we noticed that deletion of tus consistently caused a mild growth defect (Ivanova et al., 2015; Dimude et al., 2018b). This suggests that restricting fork movement in the termination area somehow facilitates replication completion or successful chromosome segregation or both.

One process that is uniquely happening in the termination area is the fusion of the two replication forks. Could this process itself, or some unwanted side effect, be responsible for the observed delay? Various experimental approaches have shown that an absence of functional ter/Tus complexes can result in replication still occurring when it is meant to stop. Because replication continues to occur when a complete copy of the DNA is generated, we call this continued synthesis over-replication, as it over-replicates molecules that are already fully replicated. This was observed for plasmid R1 in E. coli. R1 is replicated unidirectionally by a single fork until it gets arrested at a single ter/Tus complex close to the plasmid origin (Nordström, 2006). Inactivation of this stopping point for replication allows synthesis to proceed into an already replicated area, and this was shown to result in the accumulation of branched DNA structures, rolling circle replication intermediates and the formation of plasmid multimers (Krabbe et al., 1997). It was suggested that, upon reaching an already replicated area, the replicative helicase of the fork might displace already existing nascent strands. The resulting intermediates can then serve as substrates at which additional synthesis can proceed (Krabbe et al., 1997). Similarly, it was shown in vitro that for a plasmid substrate functional ter/Tus complexes efficiently prevented over-replication and the formation of complex intermediates (Hiasa and Marians, 1994), a result that was recently confirmed in a reaction using the elegant “replication chain reaction” (Hasebe et al., 2018). These results indicate that the fork trap can prevent unwanted over-replication that is linked to termination of DNA synthesis.

Similarly, it was found that Δtus cells showed chromosomal over-replication, even though at a low level (Markovitz, 2005). This effect was exacerbated by point mutations in DNA polymerase I (Markovitz, 2005), which has a prominent role in the repair of DNA damage and the maturation of Okazaki fragments (Kurth and O’Donnell, 2009), leading to the suggestion that Pol I might be involved in bringing DNA replication to a successful conclusion in the terminus region (Markovitz, 2005). Results from B. subtilis suggest that the absence of the Rtp terminator protein can result in the formation of an increased number of chromosomal dimers (Lemon et al., 2001; Duggin et al., 2008). Since over-replication results in the generation of double-stranded DNA ends accessible to homologous recombination (Figure 6 and below), the increased formation of chromosome dimers could be a result of problems with fusing replisomes, similar to the situation in E. coli.

An even stronger effect of a Δtus mutation was found in cells lacking RecG helicase. The replication profile of ΔrecG cells shows a peak of over-replication within the four innermost ter sites (cf. Figures 5Ai,ii; Rudolph et al., 2013; Wendel et al., 2014; Dimude et al., 2015, 2016; Midgley-Smith et al., 2018b). Indeed, this over-replication can support growth in the absence of a functional origin if a) a functional replication fork trap is absent (Δtus) and b) replication-transcription conflicts resulting from forks leaving the termination area and proceeding in an orientation opposite to normal are alleviated (rpo∗) (Rudolph et al., 2013). In the absence of oriC activity ΔrecG Δtus rpo∗ cells show a replication profile that is inverted: the oriC area shows a low-point of the profile while, rather paradoxically, the highest point of the profile is observed in the termination area where forks normally fuse to end DNA synthesis (Figure 5B; Rudolph et al., 2013; Dimude et al., 2015).
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FIGURE 5. Over-replication in the termination area in the absence of RecG helicase. (A) Replication profiles of E. coli cells in exponential phase. Cells were grown at 37°C. The number of reads (normalized against the reads for a stationary wild type control) is plotted against the chromosomal coordinate. Positions of oriC (green line) and primary ter sites are shown above the plotted data with red and blue lines representing the left and right replichore, as depicted in Figure 1A. The termination area between the innermost ter sites is highlighted in light gray. (B) Marker frequency analysis of a ΔrecG Δtus rpo* strain that carries a temperature-sensitive allele of the main replication initiator protein DnaA. The strain was grown at 42°C to inactivate DnaA(ts) and therefore prevent oriC firing. (C) Marker frequency analysis of chromosome replication in oriC+ oriZ+ strain in the absence of RecG. Strains were grown at 37°C. The raw data in panels (A–C) were taken from Rudolph et al. (2013) and re-plotted to allow changes the scale of the plots, if necessary, and to highlight specific schematic features of the E. coli chromosome.


Our genetic analysis of the over-replication in ΔrecG cells suggests that it is triggered by intermediates which are similar to those proposed for replication of plasmid R1 (Krabbe et al., 1997; Rudolph et al., 2013; Dimude et al., 2015, 2016; Lloyd and Rudolph, 2016; Midgley-Smith et al., 2018b). We believe that upon fusion of two replication forks an intermediate is generated that allows either the continuation of synthesis or the re-recruitment of new forks. The over-replication in ΔrecG cells strictly requires the ability of the main restart protein PriA to process a 3′ flap structure (Rudolph et al., 2013). In addition, we observed that over-replication also occurs in cells lacking 3′ exonucleases Exo I, Exo VII, and SbcCD (Rudolph et al., 2010a, 2013; Midgley-Smith et al., 2018a). These results indicate that a 3′ flap might be a central intermediate. We have proposed that such a 3′ flap might arise upon the fusion of two forks by the displacement of the nascent leading strand of one of the two forks by the replicative helicase of the other (Figure 6B). 3′ flaps were shown to be a very good substrate for RecG helicase in vitro (McGlynn and Lloyd, 2001; Tanaka and Masai, 2006; Rudolph et al., 2010b; Bianco, 2015) and, in its presence, would be rapidly converted into 5′ flaps or, alternatively, degraded by 3′ exonucleases (Figure 6B; Rudolph et al., 2013; Dimude et al., 2016; Midgley-Smith et al., 2018a). If a 3′ flap remains unprocessed, PriA might gain access and re-recruit a replisome (Figure 6C), leading to the observed over-replication of the termination area. However, such newly initiated synthesis would generate double-stranded DNA ends (Figure 6C). dsDNA ends will be rapidly processed by RecBCD and RecA, resulting in the formation of a D-loop (Rudolph et al., 2009, 2010a, 2013; Dimude et al., 2016), another substrate at which PriA can establish a functional replisome (Figure 6D). Progression of forks established in this way will proceed until they get blocked at a ter/Tus complex (Figure 6D).


[image: image]

FIGURE 6. Illustration of how replication fork fusions might trigger over-replication in the termination area and how this is normally prevented by proteins such as RecG and/or 3′ exonucleases. The fusion of two replisomes (A) can result in the formation of key intermediates, such as a 3′ single-stranded DNA flap (B), which can be processed by restart proteins such as PriA (C,D) if it is not removed or degraded. ter/Tus complexes are shown in panels (C,D) as triangles. The blue ter/Tus complexes are oriented such that they would block synthesis initiated within the termination area and moving counterclockwise, while the red ter/Tus complexes would block clockwise synthesis. As these complexes are permissive for the forks coming from oriC in panel (A) they have been excluded for simplicity. Note that, while the formation of a 3′ flap can occur at both forks, only one such reaction was shown for simplicity. See text for details.


Rather than by fork fusion events themselves, might the over-replication be caused by a cryptic origin that is normally suppressed, or by the increased occurrence of R-loops within the termination area, as recently suggested (Kuzminov, 2016)? While remaining a possibility, it is unlikely for a number of reasons. Firstly, we observed that linearization of the chromosome within the termination area much reduced the over-replication both in ΔrecG cells and in cells lacking 3′ exonucleases (Rudolph et al., 2013; Dimude et al., 2015; Midgley-Smith et al., 2018a). While linearization would prevent two replisomes from fusing, it will not interfere with the activity of a cryptic origin, and we have indeed observed that linearization of the chromosome in cells lacking RNase HI does not abolish the R-loop-driven over-replication in the termination area (Dimude et al., 2015). Secondly, we observed that over-replication in the termination area is dramatically exacerbated in ΔrecG cells if oriZ is introduced (Figure 5C; Rudolph et al., 2013; Midgley-Smith et al., 2018b). It is not clear how integration of an origin ∼1 Mbp away from the termination area should cause such a dramatic increase in activity of either a cryptic origin or a hot spot for R-loop formation, while it clearly changes fork fusion events (Midgley-Smith et al., 2018a, b). Thirdly, we were recently able to demonstrate that over-replication can indeed be triggered outside of the termination area in oriC+ oriZ+ ΔrecG cells. In oriC+ oriZ+ cells, a second fork fusion event takes place in an ectopic location, and we were able to show that this ectopic fork fusion event can also trigger over-replication (Midgley-Smith et al., 2018b). Thus the over-replication is not location-bound but can be observed in other chromosomal contexts if forks are forced to fuse in this area. In addition, it is also not clear how proteins such as 3′ exonucleases and DNA polymerase I, would be involved in suppressing a cryptic origin or R-loops (Markovitz, 2005; Rudolph et al., 2013; Midgley-Smith et al., 2018a, b). Taken together, we prefer the idea that fork fusion intermediates are responsible for triggering the over-replication observed, as it fits the available data much better than a cryptic origin or a R-loop hotspot.

If so, might the fork trap provide a defined chromosomal region where termination intermediates and the resulting over-replication can be contained and quickly and safely processed to bring DNA replication to an accurate conclusion? The termination area was found to be a recombination hotspot (Horiuchi et al., 1994), a result that would be easily explained if over-replication intermediates, that can arise occasionally despite the presence of all processing factors in wild type cells, would trigger increased levels of recombination (Rudolph et al., 2013; Dimude et al., 2016; Midgley-Smith et al., 2018a, b). Increased recombination frequencies as well as chromosomal over-replication contribute significantly to genomic instability (Finkel et al., 2007; Blow and Gillespie, 2008; Alexander and Orr-Weaver, 2016; Tomasetti et al., 2017), highlighting why a fork trap might be beneficial. However, the relatively mild phenotype of cells lacking a fork trap system highlights that this effect is in addition to the various processing factors that are involved in the processing of fork fusion intermediates, such as RecG, 3′ exonucleases and DNA polymerase I. These proteins seem to be able to deal with occurring intermediates efficiently, which might explain why a fork trap system is found in only a limited number of bacterial species (Galli et al., 2019). Nevertheless, in species in which the opportunity arose (Galli et al., 2019), the fork trap system might have been a welcome addition, and as highlighted before, the effect on the doubling time, although small, is measurable (Ivanova et al., 2015; Dimude et al., 2018b).

The importance of the proteins dealing with fork fusion intermediates is highlighted by the synthetic lethality of cells that lack combinations of the proteins involved. Cells lacking both RecG and 3′ exonucleases are synthetically lethal (Rudolph et al., 2010a), as are cells lacking both RecG and DNA polymerase I (Hong et al., 1995; Zhang et al., 2010; Upton et al., 2014). Furthermore, we found that ΔoriC oriZ+ ΔrecG cells are synthetically lethal, an effect that is suppressed by the inactivation of the replication fork trap, suggesting that the lethality is caused by the vastly exacerbated levels of over-replication in the termination area (Midgley-Smith et al., 2018b). However, over-replication is not triggered by forks arrested at ter/Tus complexes, as it is still observed in ΔrecG cells lacking Tus terminator protein (Rudolph et al., 2013; Midgley-Smith et al., 2018b).



CONCLUDING REMARKS

While genome sizes and certain structural aspects of bacterial genomes show considerable variability, all bacterial chromosomes investigated so far have in common that they are duplicated by two replication forks initiated at a single origin (Gao and Zhang, 2008; Gao, 2015). Additional active origins can be introduced into the chromosome, but in the existing chromosome structure they always cause a disadvantage, such as a mild growth defect (oriX, oriZ) (Ivanova et al., 2015; Dimude et al., 2018b), silencing of one of the active origins (Kouzminova and Kuzminov, 2008) or causing some sort of toxicity to cells (oriY) (Dimude et al., 2018b). The observed problems are, at least in part, caused by genome trafficking problems, such as conflicts between replication and transcription, tightly bound protein-DNA complexes such as ter/Tus complexes, and other related issues, highlighting these processes as likely contributors of the overall structure of bacterial chromosomes, as suggested in a variety of other studies. Indeed, the finding that replication and transcription are aligned in human cells as well via the positioning of origins relative to highly transcribed genes (Chen et al., 2019) suggests that this is a very universal feature of nucleic acid metabolism. However, while the strict replichore arrangement in bacteria allows for an easy way to co-align replication and transcription, the results in human cells demonstrate that this can also be achieved in more complex environment where hundreds of origins are active.

Another process that might have contributed to shaping the landscape of bacterial chromosomes is the fusion of two converging replication forks. Work done by our lab as well as others has identified a surprising number of proteins that are involved in preventing over-replication in the termination area (Krabbe et al., 1997; Markovitz, 2005; Rudolph et al., 2013; Wendel et al., 2014, 2018; Midgley-Smith et al., 2018a, b), and we suggest that this is large number is needed for the processing of intermediates that arise directly as a result of forks fusions (Rudolph et al., 2009, 2010a; Dimude et al., 2016; Lloyd and Rudolph, 2016; Figure 6). Indeed, the lethality observed when multiple of these processing activities are removed from cells (Hong et al., 1995; Rudolph et al., 2010a; Zhang et al., 2010; Upton et al., 2014; Midgley-Smith et al., 2018b) highlights the importance of dealing with such intermediates. If the fusion of two forks can have harmful consequences, one easy way to limit these events is simply by reducing the number of origins. Having precisely one origin allows not only the easy co-orientation of highly transcribed genes with DNA synthesis, but also reduces the number of fork fusion events to exactly one under normal conditions. Proteins and the replication fork trap allow then for the quick and efficient processing of potentially harmful fork intermediates (Dimude et al., 2016; Midgley-Smith et al., 2018a, b). The mild phenotypes of cells lacking a fork trap suggests that the various proteins involved can deal with fork fusion intermediates quite efficiently. Thus, acquiring the fork trap from a plasmid (Galli et al., 2019) might have been a welcome additional help to deal with these events, but it is not essential, explaining perhaps why many other bacterial species do not utilize a fork trap mechanism.

This hypothesis might help to explain why a transition from strictly single to both single and multiple origins took place in archaea. In both archaea and eukaryotic cells, the replicative helicase has the opposite polarity to the replicative helicase in bacteria (Tuteja and Tuteja, 2004; Costa and Onesti, 2008, 2009; Sakakibara et al., 2009) and encircles the single stranded leading strand template (Bai et al., 2017). Okazaki fragments in eukaryotes are much shorter than in prokaryotes (Burgers, 2009), allowing the replicative helicase to simply unwind either one or perhaps even more un-ligated Okazaki fragments. But even if any strand displacement would occur upon the merging of two forks, this would result in the generation of a 5′ flap which would be processed by a 5′ nuclease, such as the flap endo nuclease FEN-1 (Liu et al., 2004; Balakrishnan and Bambara, 2013). Thus, if the difference in the polarity of the replicative helicase alleviates potentially serious problems that arise as a result of fork fusions, it might at least in part explain the difference in origin dosage.

This does not mean that the fusion of forks is unproblematic in eukaryotic cells. On the contrary, recent work has highlighted that replisome disassembly is highly choreographed and that multiple accessory proteins, such as the helicases Rrm3 and Pif1, are necessary for bringing replication to an accurate conclusion (Steinacher et al., 2012; Maric et al., 2014; Moreno et al., 2014; Dewar et al., 2015; Moreno and Gambus, 2015; Dewar and Walter, 2017; Gambus, 2017; Deegan et al., 2019), highlighting that we have only just started to understand the mechanisms and regulation of fork fusion events both in bacteria and eukaryotes.
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Replication of the circular bacterial chromosome is initiated at a unique origin (oriC) in a DnaA-dependent manner in which replication proceeds bidirectionally from oriC to ter. The nucleotide compositions of most bacteria differ between the leading and lagging DNA strands. Thus, the chromosomal DNA sequence typically exhibits an asymmetric GC skew profile. Further, free-living bacteria without genomes encoding dnaA were unknown. Thus, a DnaA-oriC-dependent replication initiation mechanism may be essential for most bacteria. However, most cyanobacterial genomes exhibit irregular GC skew profiles. We previously found that the Synechococcus elongatus chromosome, which exhibits a regular GC skew profile, is replicated in a DnaA-oriC-dependent manner, whereas chromosomes of Synechocystis sp. PCC 6803 and Nostoc sp. PCC 7120, which exhibit an irregular GC skew profile, are replicated from multiple origins in a DnaA-independent manner. Here we investigate the variation in the mechanisms of cyanobacterial chromosome replication. We found that the genomes of certain free-living species do not encode dnaA and such species, including Cyanobacterium aponinum PCC 10605 and Geminocystis sp. NIES-3708, replicate their chromosomes from multiple origins. Synechococcus sp. PCC 7002, which is phylogenetically closely related to dnaA-lacking free-living species as well as to dnaA-encoding but DnaA-oriC-independent Synechocystis sp. PCC 6803, possesses dnaA. In Synechococcus sp. PCC 7002, dnaA was not essential and its chromosomes were replicated from a unique origin in a DnaA-oriC independent manner. Our results also suggest that loss of DnaA-oriC-dependency independently occurred multiple times during cyanobacterial evolution and raises a possibility that the loss of dnaA or loss of DnaA-oriC dependency correlated with an increase in ploidy level.
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INTRODUCTION

Precise chromosomal DNA replication is required for the inheritance of genetic information during cellular proliferation. Chromosome replication is tightly controlled, mainly at the initiation stage of DNA replication (Wang and Levin, 2009; Katayama et al., 2010; Skarstad and Katayama, 2013). In eukaryotes and certain archaea, chromosome replication is initiated at multiple origins scattered throughout chromosomes (Bell, 2017; Marks et al., 2017). In contrast, in most bacteria with a single circular chromosome, chromosome replication is initiated at a unique origin named oriC (Katayama et al., 2010; Skarstad and Katayama, 2013). Two replication forks assembled at oriC proceed bidirectionally around the circular chromosome, simultaneously synthesizing the nascent leading and lagging DNA strands. Replication of circular chromosomal DNA terminates in the ter region, located at a site opposite to that of oriC (Duggin et al., 2008; Beattie and Reyes-Lamothe, 2015; Dewar and Walter, 2017). oriC comprises several copies of the DnaA-box sequence (TTATNCACA) that is bound by DnaA. DnaA unwinds the duplex DNA to form single-stranded DNA templates. Subsequently, the replisome is recruited to the unwound DNA and then initiates DNA synthesis (Katayama et al., 2010). Free-living bacteria, which do not possess dnaA, were not reported, and evidence suggested that the DnaA-oriC-dependent mechanism of chromosomal DNA replication initiation is conserved among bacteria, except for certain symbionts and parasites, which do not harbor dnaA (Akman et al., 2002; Gil et al., 2003; Klasson and Andersson, 2004; Ran et al., 2010; Nakayama et al., 2014).

Nucleotide compositional bias and gene orientation bias between the leading and lagging DNA strands occur in most bacterial chromosomes (Lobry, 1996; Freeman et al., 1998; Bentley and Parkhill, 2004; Nikolaou and Almirantis, 2005; Necşulea and Lobry, 2007). GC skew, defined as (G – C)/(G+C), switches near oriC and ter (Lobry, 1996; Grigoriev, 1998). Further, coding-sequence orientation bias (CDS skew) switches near oriC and ter (Freeman et al., 1998; Nikolaou and Almirantis, 2005; Necşulea and Lobry, 2007), because numerous genes, particularly those abundantly expressed or those essential for viability, are encoded on the leading, rather than the lagging strand (Rocha and Danchin, 2003). Moreover, the replication-associated dnaA-dnaN operon resides near oriC (Mackiewicz et al., 2004). These conserved footprints on the bacterial chromosome and conservation of dnaA indicate that the DnaA-oriC-dependent mechanism for chromosome replication is highly conserved in bacteria.

The GC and CDS skews and location of the dnaA-dnaN operon are used to computationally predict the position of oriC in numerous bacterial chromosomal genomes (Luo and Gao, 2018). However, the availability of an increasing number of bacterial genomes, accelerated through the rapid development of nucleotide sequencing technologies, show that the replication origin of certain bacterial genomes cannot be predicted from the genomic sequence. Examples include cyanobacterial genomes with irregular GC and CDS skews (McLean et al., 1998; Nikolaou and Almirantis, 2005; Worning et al., 2006; Arakawa and Tomita, 2007). Further, dnaA and dnaN are encoded separately in these genomes (Zhou et al., 2011; Huang et al., 2015). In addition, most cyanobacterial species possess multiple copies of the same chromosomes (Simon, 1977; Binder and Chisholm, 1990, 1995; Hu et al., 2007; Zerulla et al., 2016), in contrast to those present in single copies in model bacteria such as Escherichia coli, Bacillus subtilis, and Caulobacter crescentus.

The replication origin was experimentally identified in the chromosome of the model cyanobacterium Synechococcus elongatus PCC 7942 (S. elongatus), which exhibits a regular GC skew (Watanabe et al., 2012). In this genome, oriC resides near dnaN, which corresponds to one of the two shift points of the GC skew (Watanabe et al., 2012) (Figure 1). Further, DnaA binds oriC, and dnaA is essential in S. elongatus (Ohbayashi et al., 2016). In contrast, the chromosomes of Synechocystis sp. PCC 6803 and Nostoc sp. PCC 7120 exhibit an irregular GC skew profile (Figure 1), and their chromosomes are replicated asynchronously from multiple origins (Ohbayashi et al., 2016). Deletion of dnaA does not affect the growth and chromosomal replication activity of these species (Ohbayashi et al., 2016), suggesting that Synechocystis sp. PCC 6803 and Nostoc sp. PCC 7120 may replicate their chromosomes through an unknown DnaA-oriC-independent mechanism (Ohbayashi et al., 2016).
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FIGURE 1. Phylogenetic distributions of dnaA among cyanobacterial and chloroplast genomes and GC and CDS skew profiles of chromosomes. (A) Phylogenetic relationships of cyanobacteria and chloroplasts and presence or absence of genomic dnaA. The tree was constructed using a maximum likelihood method based on 58 concatenated rDNA sequences (16S + 23S + 5S rDNA). Bootstrap values > 50% are shown above the selected branches. The full tree with the outgroup and accession numbers of respective nucleotide sequences are indicated in Supplementary Figure S1. Clades A, B1, B2, and C-G are defined according to a previous study (Shih et al., 2013). Chloroplasts and symbiotic species are shown in red, and free-living species are shown in black. The red or blue circle next to the species name indicates that dnaA was experimentally shown as essential or not essential for chromosome replication in the species (Ohbayashi et al., 2016; present study). The blue diamond next to the species name indicates the absence of dnaA. The red square next to the species name indicates that the chromosomal genome exhibits a clear asymmetric (V-shaped) GC skew profile. (B) Cumulative GC and CDS skew profiles of the chromosome of Geminocystis sp. NIES-3708, Cyanobacterium aponinum PCC 10605, Synechococcus sp. PCC 7002, Synechocystis sp. PCC 6803, and Synechococcus elongatus (profiles of other species are shown in Supplementary Figures S4, S5). The positions of dnaA and dnaN are indicated above the profiles. The arrowheads indicate the experimentally determined replication origins of Synechococcus sp. PCC 7002 (this study) and S. elongatus (Watanabe et al., 2012). The chromosome of Synechocystis sp. PCC 6803 is replicated from multiple origins (Ohbayashi et al., 2016).


DnaA binds DnaA-boxes in chromosomal regions other than oriC to regulate transcription (Messer and Weigel, 1997; Burkholder et al., 2001; Hottes et al., 2005; Ishikawa et al., 2007). Thus, DnaA protein in these cyanobacterial species likely involves the transcriptional regulation of specific genes, but likely is not involved in chromosome replication. Moreover, dnaA is not encoded by the genomes of symbiotic cyanobacterial species and chloroplasts, which evolved from a cyanobacterial endosymbiont (Ran et al., 2010; Nakayama et al., 2014; Ohbayashi et al., 2016).

Thus, several species of cyanobacteria, the majority of which possess multiple copies of the same chromosome (Griese et al., 2011; Sargent et al., 2016), likely have developed DnaA-oriC-independent mechanism of chromosome replication during evolution, and dnaA was subsequently lost from symbionts and chloroplasts. However, the dependence of chromosome replication on DnaA-oriC in cyanobacteria other than S. elongatus, Synechocystis sp. PCC 6803, and Nostoc sp. PCC 7120 and the evolutionary relationships among DnaA-oriC-dependent and independent species have not been examined.

To address this gap in our knowledge, here we conducted an up-to-date review of cyanobacterial genome sequences and found that certain free-living species do not encode dnaA. Synechococcus sp. PCC 7002 is closely related to free-living species without dnaA as well as to DnaA-oriC-independent Synechocystis sp. PCC 6803. We found that the chromosome of Synechococcus sp. PCC 7002 is replicated in a DnaA-oriC independent manner that occurs in Synechocystis sp. PCC 6803, although replication of the chromosome apparently initiated at a specific position. Our results further reveal variations in the mechanism of the initiation of chromosome replication associated with DnaA-oriC-dependence and suggest that mechanisms of DnaA-oriC-independent replication independently evolved multiple times during cyanobacterial evolution.



MATERIALS AND METHODS


Strains and Culture Condition

Synechococcus elongatus, Synechocystis sp. PCC 6803, Cyanobacterium aponinum PCC 10605, and Geminocystis sp. NIES-3708 were cultured in BG-11 liquid medium at 30°C with air bubbling in the light (70 μmol m–2 s–1 photons). Synechococcus sp. PCC 7002 was cultured in modified liquid medium A (Aikawa et al., 2014) with air bubbling at 38°C in the light (70 μmol m–2 s–1), unless otherwise indicated.



Construction of GC and CDS Skew Profiles

GC and CDS skew analyses were performed using the G-language Genome Analysis Environment (Arakawa et al., 2003). The cumulative GC and CDS skews were calculated using the “gcskew” and “CDS skew” functions with cumulative parameters, respectively. Accession numbers of the genomic sequences of cyanobacterial species and chloroplasts are indicated in Supplementary Figure S1.



Phylogenetic Analysis

The concatenated rDNA sequences (16S + 23S + 5S rDNA) of 58 species were automatically aligned using the L-INS-I method of MAFFT v7.299b (Katoh and Standley, 2013). Poorly aligned regions were eliminated using TrimAl v1.2 (Capella-Gutiérrez et al., 2009) with the “-gappyout” option. The aligned sequences were calculated using RAxML v8.2.9 (Stamatakis, 2014) with GTR + GAMMA model, which was selected using Kakusan4 (Tanabe, 2011), and the corresponding bootstrap support values were calculated through ML analysis of 1,000 pseudoreplicates. Accession numbers of the genomic sequences of cyanobacterial species and chloroplasts are indicated in Supplementary Figure S1.



Chromatin Immunoprecipitation (ChIP) and Qualitative PCR (qPCR) Analyses

ChIP and subsequent qPCR analyses were performed according to Hanaoka and Tanaka (2008) with minor modifications. Cells were fixed with 1% formaldehyde for 15 min at room temperature. The cross-linking reaction was stopped by adding glycine (final concentration, 125 mM) and incubating at room temperature for 5 min. Fixed cells were centrifuged, washed twice with ice-cold Tris-buffered saline (TBS; 20 mM Tris-HCl, pH 7.4, 150 mM NaCl), and stored at −80°C. Fixed cells were disrupted using a Beads Crusher (TAITEC) with glass beads (<106 μm, Sigma-Aldrich) in TBS at 4°C, and the genome DNA was sonicated (Covaris Sonication System, MS Instruments) to generate to approximately 500-bp fragments. After centrifugation for 15 min to sediment the insoluble materials, the supernatant fraction containing genomic DNA was subjected to immunoprecipitation with an anti-HA antibody (clone 16B12, BioLegend), diluted 1:250. Precipitated DNAs were quantified using qPCR with the primer sets oriC-F and oriC-R representing the oriC region and 1294-F as well as with 1294-R representing the genomic region farthest from oriC in the circular genome. Primer sequences are listed in Supplementary Table S1.



Flow Cytometric Analysis of DNA and Fluorescence Microscopy of Nucleoids

Exponentially growing cells (Supplementary Figure S2 and Figure 4B) were centrifuged, fixed with 1% glutaraldehyde for 10 min, and washed with PBS. Fixed cells were stained with SYBR Green I (1:3000) and then subjected to flow cytometry (BD, Accuri C6) and observed using fluorescence microscopy (Olympus, BX-52).



Immunoblotting

Total cellular proteins (80 μg of proteins per lane) were separated using a 10% acrylamide gel and then electrophoretically transferred to a PVDF membrane. Membranes were blocked with 5% skim milk in TBS-T (10 mM Tris-HCl, pH 7.5, 150 mM NaCl, 0.1% Tween 20) and incubated with an anti-HA antibody (clone 16B12, BioLegend) diluted 1:1,000. A horseradish peroxidase–conjugated goat anti-mouse IgG (Thermo Fisher Scientific), diluted 1:20,000, served as the secondary antibody. The immune complexes were detected using ECL Prime Western Blotting Detection Reagent (GE Healthcare) with an Image Quant LAS 4000 Mini (GE Healthcare).



High-Throughput Nucleotide Sequence Analysis of Chromosome Replication

Genomic DNA was extracted from exponentially growing and stationary phase S. elongatus, C. aponinum PCC 10605, Geminocystis NIES-3708, Synechococcus sp. PCC 7002 as well as its dnaA disruptant (Supplementary Figure S2). A Covaris S2 Sonication System (Covaris, Inc., Woburn, MA, United States) was used to sonicate DNA samples (5 μg each) to generate approximately 500-bp fragments. Sequencing libraries were prepared using the Ultra II DNA Library Prep Kit for Illumina (New England Biolabs). Paired-end sequencing (320 cycles) was conducted using the MiSeq system (Illumina) according to the manufacturer’s specifications. The sequence reads (number of reads in all samples was >100 per base) were trimmed using CLC Genomics Workbench ver. 8.5.1 (Qiagen) using the parameters as follows: Phred quality score >30, removal of the terminal 15 nucleotides from the 5′ end and 2 nucleotides from the 3′ end, and removal of truncated reads > 100 nucleotides. Trimmed reads were mapped to the reference genome sequences of the respective species using CLC Genomics Workbench ver. 9.5.1 (Qiagen) with the parameters as follows: Length fraction, 0.7 and Similarity fraction, 0.9. To call SNPs and indels, we used the filter settings as follows: minimum read depth for SNP/indel calling = 10, minimum read depth for SNP calling = 5, and 80% cutoff of percentage aligned-reads-calling the SNP per total mapped reads at the SNP sites. Alternatively, potential nucleotide differences were determined using BRESEQ (Deatherage and Barrick, 2014) (Supplementary Data File). Paired-end reads were assembled de novo using Newbler version 2.9 (Roche).



Plasmid Construction and Generation of Stable Transformants

Synechococcus elongatus expressing HA-tagged DnaA under the control of the endogenous dnaA promoter were generated as follows: PCR was used to amplify dnaA orf with the primers 1 and 2; The pNSHA vector (possessing NS I sequences for double-crossover recombination, trc promoter, HA-coding sequence, and spectinomycin resistance gene) (Watanabe et al., 2012) was amplified as a linear DNA using PCR with primers 3 and 4. The amplified dnaA orf was subsequently inserted between the trc promoter and HA-coding sequence of pNSHA using an In-Fusion Cloning Kit (TAKARA). The dnaA promoter (300-bp 5′-upstream sequence flanking the dnaA translation start codon), which was amplified using PCR with the primers 5 and 6, was cloned immediately upstream of the HA-coding sequences of the vector and then amplified as a linear DNA using PCR with primers 7 and 8 using the In-Fusion Cloning Kit. The resultant vector was used to transform S. elongatus.

To generate an S. elongatus strain expressing HA-tagged DnaA of Synechococcus sp. PCC 7002 or Synechocystis sp, dnaA orf of S. elongatus in the above vector (expressing HA-tagged DnaA of S. elongatus driven by the dnaA promoter) was replaced with dnaA orf of the respective species as follows: The dnaA orf of each respective species was amplified using PCR with the primers 9 and 10 for SYNPCC7002_A0001 or 11 and 12 for sll0848, respectively. The PCR product was cloned just downstream of the dnaA promoter of S. elongatus and the HA-coding sequence of the above vector (expressing HA-tagged DnaA of S. elongatus), which were amplified as a linear DNA using PCR with the primers 3 and 4 with the In-Fusion HD Cloning Kit. The resultant vector was used to transform S. elongatus. The primer sequences are listed in Supplementary Table S1.

To generate an Synechococcus sp. PCC 7002 strain expressing SSB-GFP driven by the endogenous ssb promoter, the amplicons were prepared as follows: 1. The ssb orf (SYNPCC7002_A0119) flanked by the 697-bp upstream sequence of Synechococcus sp. PCC 7002 was amplified using primers 7 and 8. 2. The gfp-(gentamycin resistance gene) Gmr fusion was amplified using the primers 9 and 10 from the genomic DNA of S. elongatus ssb-gfp strain (Ohbayashi et al., 2019) as a template. 3. A 1,000-bp 3′-downstream sequence of ssb orf of Synechococcus sp. PCC 7002 was amplified using primers 11 and 12. The amplicons were mixed and fused using recombinant PCR with the primers 7 and 12, and the fused product was used to transform cells. Insertion of the gfp-Gmr into the chromosomal ssb locus was confirmed using PCR with primers 7 and 12.

To produce a dnaA deletion strain of Synechococcus sp. PCC 7002, PCR products were prepared as follows: (1) A 731-bp upstream sequence of Synechococcus sp. PCC 7002 dnaA orf was amplified using the primers 19 and 20. The kanamycin resistance gene (Kmr) was amplified using primers 21 and 22. (2) A 700-bp 3′-downstream sequence of Synechococcus sp. PCC 7002 dnaA orf was amplified using primers 23 and 24. Amplified fragments were mixed and fused using recombinant PCR with primers 19 and 24, and the fused product was used to transform cells. Replacement of chromosomal dnaA with Kmr was confirmed using PCR with the primers 19 and 24.

To generate a Synechococcus sp. PCC 7002 strain expressing HA-DnaA driven by the endogenous dnaA promoter, PCR products were prepared as follows: (1) A 929-bp 5′-upstream sequence of Synechococcus sp. PCC 7002 dnaA orf was amplified using the primers 25 and 26. (2) An HA-dnaA fusion of Synechococcus sp. PCC 7002 was amplified using primers 27 and 28 from the vector described above (for expression in S. elongatus). (3) Spr was amplified using primers 29 and 30, and a 900-bp 3′-downstream sequence of Synechococcus sp. PCC 7002 dnaA orf was amplified using primers 31 and 32. Amplified fragments were mixed and fused using recombinant PCR with the primers 25 and 32, and the fused product was used to transform cells. Insertion of sequences encoding HA and Spr into the chromosomal dnaA locus was confirmed using PCR with primers 25, 32, and 33. The primer sequences are listed in Supplementary Table S1.

To generate a Synechocystis sp. PCC 6803 strain expressing HA-DnaA driven by the endogenous dnaA promoter, PCR products were prepared as follows: (1) A 700-bp upstream sequence of Synechocystis sp. PCC 6803 dnaA orf (sll0848) was amplified using primers 34 and 45. (2) HA-dnaA of Synechocystis sp. PCC 6803 fusion was amplified with the primers 36 and 37 from the vector described above (for expression in S. elongatus). (3) Spr was amplified using primers 38 and 39. 4. A 700-bp 3′-downstream sequence of Synechocystis sp. PCC 6803 dnaA orf was amplified using primers 40 and 41. The amplified fragments were mixed and fused using recombinant PCR with the primers 34 and 41, and the fused product was used to transform cells. Insertion of the sequence encoding HA and Spr into the chromosomal dnaA locus was confirmed using PCR with the primers 33, 34, and 41. The primer sequences are listed in Supplementary Table S1.



RESULTS


Distribution of dnaA in Cyanobacterial and Chloroplast Genomes

Cyanobacteria emerged on earth more than two billion years ago and globally diversified in numerous, diverse environments (Herrero and Flores, 2008). The genome sequences of 54 cyanobacterial species deposited in the Pasteur Culture Collection were published in Shih et al. (2013), and the complete genome sequences of >500 cyanobacterial species are available in public databases. We first re-examined the distribution of dnaA sequences in these completely sequenced cyanobacterial and chloroplast genomes (Figure 1A and Supplementary Figure S1). Consistent with our previous search (Ohbayashi et al., 2016), we did not detect dnaA in the genomes of symbiotic cyanobacteria (Figure 1A). The phylogenetic distributions of these symbionts and chloroplasts suggest that loss of dnaA independently occurred in their respective ancestors (Figure 1A).

Although it has been believed that dnaA is conserved among free-living bacteria (Yoshikawa and Ogasawara, 1991; Messer, 2002; Gao and Zhang, 2007; Katayama et al., 2010), our search revealed that the genomes of the free-living cyanobacterial species Cyanobacterium stanieri PCC 7202, Cyanobacterium sp. PCC 10605, Geminocystis sp. PCC 6308, and Geminocystis NIES-3708 and 3709 do not encode dnaA. These cyanobacteria formed a monophyletic group (Figure 1A, clade 1). Further, the topology of the phylogenetic tree suggests that the common ancestor of this group (Figure 1A, clade 1) lost dnaA independently from the ancestors of the above-mentioned symbiotic species and chloroplasts.

The clade comprising the dnaA-negative and dnaA-positive free-living species (Figure 1A, clade 2) was further grouped with the clade (Figure 1A, clade 3) that contained dnaA-negative endosymbionts and dnaA-positive free-living species, grouped as the clade B2 (Figure 1A). Although the data supporting this grouping were not definitive (boot strap value = 66) this conclusion is strongly supported by previous analyses (Shih et al., 2013). Although clade B2 comprised several dnaA-positive species as well as dnaA-negative species, our previous and present studies showed that, in Synechocystis sp. PCC 6803 (Ohbayashi et al., 2016) and Synechococcus sp. PCC 7002 (this study, as described later) of this clade, dnaA is not essential for genome replication and cell growth. Thus, even in dnaA-positive species, chromosomes are replicated in a DnaA-oriC independent manner in at least these two species in clade B2.

Consistent with these results, chromosomes in Synechocystis sp. PCC 6803 and Synechococcus sp. PCC 7002 exhibited irregular GC skew profiles (Figure 1B). In addition, all sequenced species in the clade B2 exhibited irregular GC skew profiles regardless of the presence or absence of dnaA (Figure 1B and Supplementary Figure S4) (Typically, the position around the putative DnaA-box sequences near dnaA or dnaN is defined as a putative replication origin, and the circular genome sequence is deposited as a linear sequence from that position.). This contrasts with clades C-G in which the chromosomes of most species exhibited a clear V-shape (profile with two shift points) except for those of Synechococcus sp. PCC 6321 and the cyanobacterium-derived organelle (chromatophore) in Paulinella chromatophora (Figure 1B and Supplementary Figure S4). The clades C-G include the model species S. elongatus in which the chromosome is replicated from a unique origin (oriC), and DnaA is essential for chromosome replication (Watanabe et al., 2012; Ohbayashi et al., 2016).

GC skew profiles in the clade B1 exhibited an intermediate feature between the clades C-G and B2, in which two of the four sequenced genomes exhibited an V-shape profile (Supplementary Figure S4, Nostoc sp. PCC 7120 and Anabaena cylindrica PCC 7122). GC skew profiles in the clade A and chloroplast did not exhibit V-shape except for that of the chloroplast in Chlamydomonas reinhardtii. Overall, the V-shaped GC skew profile apparently tends to be collapsed in the order of clade C-G, B1, B2, to A and chloroplasts (Figure 1 and Supplementary Figure S4). In addition, the ploidy level also apparently tends to increase from the clade C-G to A and chloroplasts although no information on ploidy level was available in the clade B1 (Figure 1A).

Similar to the GC skew, in clade B2, the CDS skew profiles of most species did not exhibit a regular pattern with two shift points (Supplementary Figure S5). However, the exceptions in clade B2 were the chromosomes of Synechococcus sp. 7002 and Stanieria cyanosphaera PCC 7437, which exhibited CDS skew profiles with a weak V-shape (Figure 1B and Supplementary Figure S5). In Synechococcus sp. 7002, the shift points are near positions 0 and 1.2 Mbp, respectively. This observation raised the possibility that chromosomes in certain dnaA-positive species in clade B2 are replicated in a DnaA-oriC-dependent manner, unlike Synechocystis sp. PCC 6803.

To acquire insights into the variation and evolution of the mechanisms of chromosome replication in clade B2, we next examined the manner of chromosome replication in free-living dnaA-negative C. aponinum PCC 10605 and Geminocystis sp. NIES-3708 as well as dnaA-positive Synechococcus sp. PCC 7002.



Chromosome Replication in the dnaA-Negative Free-Living Species C. aponinum PCC 10605 and Geminocystis sp. NIES-3708

To determine the ploidy of C. aponinum and Geminocystis sp., exponentially growing cells cultured in an inorganic medium with illumination (Supplementary Figure S2) were stained with the DNA-specific dye SYBR Green I, and the DNA levels and cell sizes were examined using flow cytometry (Figures 2A,B). For comparison, exponentially growing S. elongatus cells (3–6 copies of chromosomes per cell) (Chen et al., 2012; Jain et al., 2012; Zheng and O’Shea, 2017) in an inorganic medium with illumination (Supplementary Figure S2) were simultaneously examined (Figures 2A,B). The fluorescence intensity of SYBR Green per C. aponinum was approximately 8-times higher compared with that of S. elongatus (Figure 2B). The chromosome sizes of C. aponinum and S. elongatus are approximately 4.1 and 2.7 Mbp, respectively. Thus, the result indicates that C. aponinum possesses approximately 16–32 copies of its chromosomes. Similarly, the fluorescence intensity of SYBR Green per Geminocystis sp. was approximately 8-times higher compared with that of S. elongatus (Figure 2B). The chromosome of Geminocystis sp. is approximately 3.9 Mbp, indicating that Geminocystis sp. possesses approximately 17–34 copies of its chromosomes. Further, the volume of C. aponinum and Geminocystis sp. cells were approximately 8-times higher compared with that of S. elongatus (Figure 2B), showing that an increase in chromosomal ploidy correlated with an increase in cell size.
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FIGURE 2. Ploidy and replication manner of the chromosomes of C. aponinum PCC 10605 and Geminocystis sp. NIES-3708. Exponentially growing C. aponinum (chromosome approximately 4.1 Mbp), Geminocystis sp. (chromosome approximately 3.9 Mbp), and S. elongatus (chromosome approximately 2.7 Mbp; 3–6 copies per cell; Zheng and O’Shea, 2017) (Supplementary Figure S2) were fixed and stained with SYBR Green and then examined using flow cytometry. (A) Images of SYBR Green-stained cells. Images were acquired using differential interference contrast microscopy (top) and fluorescence microscopy (bottom). (B) Distribution of DNA levels per cell and cell volumes of exponentially growing cultures of C. aponinum (blue), Geminocystis sp. (red), and S. elongatus (black). (C) Depths of the high-throughput genomic DNA sequence reads at their respective chromosomal regions. Genomic DNA was extracted from the exponentially growing cells (Supplementary Figure S2) and analyzed using an Illumina MiSeq System. Plots of 1-kb (left) and 100-kb windows (right). The number of reads (divided by the number of total reads) of the growing (replicating) cells normalized by that of the stationary phase (non-replicating) cells at each genomic position is shown. The asterisk in the profile of S. elongatus indicates a ∼50-kb genomic deletion in our wild type strain which has little effect on replication and cellular growth (Watanabe et al., 2012).


When bacteria with a single chromosome, such as Escherichia coli, grow rapidly in nutrient-rich media, DNA is replicated in a multifork mode, and the oriC/ter ratio becomes > 2 yielding a V-shaped profile in the depth of high-throughput sequencing reads (lowest at ter and highest at oriC) (Watanabe et al., 2012). For cyanobacteria possessing multiple copies of the same chromosomes, in which only one or a few copies are replicated from oriC, the oriC/ter ratio approximates 1.0, but still exhibits a V-shaped profile [Watanabe et al., 2012; Figure 2C; The read depth of the exponentially growing (replicating) cells at each genomic potion was normalized by that of stationary phase (non-replicating) cells]. In cyanobacterial species that asynchronously initiate chromosome replication from multiple sites, the ratio of DNA abundance through the genomic position becomes almost constant, as represented by Synechocystis sp. PCC 6803 (Ohbayashi et al., 2016). When high-throughput sequence reads of exponentially growing (replicating) C. aponinum and Geminocystis sp. (Supplementary Figure S2) were mapped to the reference genome, the read depth normalized by that of stationary phase (non-replicating) cells was approximately constant throughout the chromosome (Figure 2C). These results suggest that in the dnaA-negative cyanobacteria C. aponinum and Geminocystis sp., replication of multiple copies of the same chromosomes is asynchronously initiated from multiple sites rather than a unique point, as for Synechocystis sp. PCC 6803.



Dependence of Chromosome Replication on DnaA in Synechococcus sp. PCC 7002

To determine the ploidy of Synechococcus sp. PCC 7002, exponentially growing cells in an inorganic medium with illumination (Supplementary Figure S2) were stained with the SYBR Green I, and the DNA level and cell size were examined using flow cytometry (Figure 3). Exponentially growing S. elongatus cells (3–6 copies of chromosomes per cell, genome approximately 2.7 Mbp) (Chen et al., 2012; Jain et al., 2012; Zheng and O’Shea, 2017) in an inorganic medium with illumination (Supplementary Figure S2) was simultaneously compared (Figure 3). The fluorescence intensity of SYBR Green I per Synechococcus sp. PCC 7002 (genome approximately 3.0 Mbp) was approximately 2-times higher compared with that of S. elongatus (Figure 3B). These results indicate that Synechococcus sp. PCC 7002 possesses approximately 5–11 copies of its chromosomes, consistent with the findings of others (Moore et al., 2019; this article is preprint). The cell volume of Synechococcus sp. PCC 7002 was approximately 2-times higher compare with that of S. elongatus (Figure 3B). Further, the amount of DNA (chromosome copy number) exhibited a linear, positive correlation with cell volume (Figure 3C).
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FIGURE 3. Ploidy of the chromosome of Synechococcus sp. PCC 7002. Exponentially growing Synechococcus sp. PCC 7002 (chromosome, approximately 3.0 Mbp) and for comparison, S. elongatus (chromosome, approximately 2.7 Mbp; 3–6 copies per cell; Zheng and O’Shea, 2017) (Supplementary Figure S2) were fixed and stained with SYBR Green and then examined using flow cytometry. (A) SYBR Green-stained cells. Images were acquired using differential interference contrast microscopy (top) and fluorescence microscopy (bottom). (B) Distribution of the DNA levels per cell and cell volumes of exponentially growing cultures of Synechococcus sp. PCC 7002 (black) and S. elongatus (blue). (C) The relationship between the DNA level and size of Synechococcus sp. PCC 7002.


To examine the dependence of DNA replication on DnaA in Synechococcus sp. PCC 7002, we constructed a dnaA deletion mutant in which dnaA was replaced with a kanamycin resistance gene (Kmr) through homologous recombination. The insertion of Kmr into the dnaA locus was confirmed using PCR and we obtained some transformed clones, in which dnaA was completely deleted (Figure 4A). The growth rates of ΔdnaA clones were similar to that of wild type (Figure 4B and Supplementary Figure S6B). There was no significant difference in the frequency of chromosome replication between wild type and the ΔdnaA mutant (Figure 4C and Supplementary Figure S6C), as indicated by the number of SSB-GFP foci in an exponentially growing cell (Figure 4B and Supplementary Figure S3A). Note that SSB localizes to replication forks (Chen et al., 2012; Mangiameli et al., 2017). Further, the chromosome copy number and cell size of completely segregated ΔdnaA clones of Synechococcus sp. PCC 7002 were similar to those of the wild type (Figures 4D,E). Thus, there were no significant differences in the chromosome replication and proliferation rates between the wild type and the completely segregated ΔdnaA.
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FIGURE 4. Effect of deleting dnaA on the growth and DNA replication of Synechococcus sp. PCC 7002. (A) Chromosomal dnaA was replaced with the gene encoding kanamycin resistance (Kmr) through homologous recombination. Insertion of Kmr into the chromosomal dnaA locus was confirmed using PCR with the primers indicated by the arrows. The wild type (WT) was used as a negative control. The black and white arrowheads indicate the bands amplified from the WT and mutated chromosomes, respectively. The four independent colonies of the dnaA-deficient mutant were analyzed. (B) Growth of WT and ΔdnaA clone #1 in an inorganic medium with illumination (70 μmol m–2 s–1). Other ΔdnaA clones (#2–#4) are shown in Supplementary Figure S6B. (C) Frequencies of cells exhibiting zero (blue), one (red), two (deep blue), or >3 (green) SSB-GFP foci in WT and ΔdnaA clone #1 cultures 12 h after inoculation (n > 300 cells, each strain). For reference, a representative fluorescence image of WT expressing SSB-GFP (green fluorescence) is shown (one to four SSB-GFP foci are shown). Scale bar = 5 μm. The construction of SSB-GFP expresser is described in Supplementary Figure S3. (D,E) Flow cytometric analysis showing the distributions of the DNA level per cell (D) and the cell volumes (E) of cultures of the WT (black line) and ΔdnaA clone #1 (blue line) 12 h after inoculation, respectively. DNA was stained with SYTOX Green, and the levels were determined according to the intensity of the green fluorescence.


We previously isolated mutants of Synechocystis sp. PCC 6803 and Nostoc sp. PCC 7120 with completely segregated ΔdnaA (Ohbayashi et al., 2016), in which chromosomes were replicated from multiple origins in wild type and ΔdnaA cells. Further, complete deletion of dnaA does not significantly affect the chromosome replication and proliferation rates of these species (Ohbayashi et al., 2016). In contrast, we isolated completely and incompletely segregated ΔdnaA clones of S. elongatus (Ohbayashi et al., 2016). In these mutants, ΔdnaA completely segregated via an episomal plasmid that integrated into the chromosome (Ohbayashi et al., 2016). Further, the replication initiation site of the chromosome shifted from oriC to the origin of the integrated plasmid (Ohbayashi et al., 2016). Accordingly, we next determined whether the ΔdnaA of Synechococcus sp. PCC 7002 harbored an additional suppressor mutation such as that found in S. elongatus ΔdnaA. We therefore analyzed the complete genome sequence and profile of genome replication of this mutant (Figure 5 and Supplementary Figure S6).
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FIGURE 5. Chromosomal replication origins of Synechococcus sp. PCC 7002 WT and dnaA disruptants. Depth of the high-throughput genomic DNA reads at respective chromosomal regions in exponentially growing WT and ΔdnaA cells. Genomic DNA was extracted from cells 24 h after inoculation (Figure 4B) and analyzed using an Illumina MiSeq System. The number of reads (divided by the number of total reads) of the growing (replicating) cells was normalized by that of the stationary phase (non-replicating) cells at each genomic position. 1-kb window (left) and 100-kb window (right) of WT and ΔdnaA clones.


When the high-throughput sequence reads of exponentially growing wild type Synechococcus 7002 (Supplementary Figure S2) were mapped to the reference genome, a V-shaped profile was observed (Figure 5; the read depth of growing cells at each genomic position was normalized that of stationary phase cells). The peak was detected around dnaA at position 1 (the leftmost base) (Figure 5), suggesting that the wild type possessed a unique replication origin near dnaA. When the sequence reads of the ΔdnaA clones harvested during log phase were mapped to the reference genome, all clones exhibited a V-shaped profile similar to that of the wild type (Figure 5), suggesting that the replication of ΔdnaA started from a nearby site. Further, mutations such as in-del or point mutation, plasmid integration and transposition of dnaA gene were not detected in the ΔdnaA clones by high-throughput genomic DNA sequencing (Supplementary Figure S6A and Supplementary Data Sheet). We concluded therefore that dnaA was not essential for the proliferation of Synechococcus sp. PCC 7002 and that the wild type chromosome replicated in a DnaA-oriC independent manner starting from a specific position, unlike that of Synechocystis sp. PCC 6803.



Comparison of the Function and Expression Levels of DnaA in S. elongatus, Synechocystis sp. PCC 6803, and Synechococcus sp. PCC 7002

Synechococcus sp. PCC 7002 is phylogenetically closely related to Synechocystis sp. PCC 6803 (Figure 1A), in which the chromosome is replicated from multiple origins and dnaA is dispensable without additional suppressor mutations (Ohbayashi et al., 2016). Further, the amino acid sequence of DnaA of S. elongatus is similar to that of Synechococcus sp. PCC 7002 (61% identical) and Synechocystis sp. PCC 6803 (59% identical). However, previous and the present results suggest that dnaA is non-essential for Synechococcus sp. PCC 7002 and Synechocystis sp. PCC 6803 but is essential for chromosome replication of S. elongatus.

To determine the basis for this difference, we asked whether DnaA molecules in the respective species bind DnaA-box sequences. We therefore expressed HA-tagged DnaAs of Synechocystis sp. PCC 6803, Synechococcus sp. PCC 7002, and S. elongatus (positive control) under the control of the S. elongatus dnaA promoter in S. elongatus (Figures 6A,B). ChIP-qPCR analysis using an anti-HA antibody revealed that DnaA of each of the three species specifically bound oriC, but not orf1294, which is farthest from oriC in the circular genome and does not possess a DnaA-box sequence (Figure 6C).
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FIGURE 6. Binding of DnaA to the DnaA-boxes of Synechococcus elongatus, Synechocystis sp. PCC 6803, and Synechococcus sp. PCC 7002. (A) Diagram of the S. elongatus chromosomes expressing HA-tagged DnaA of S. elongatus (7942 DnaA), Synechocystis (6803 DnaA), and Synechococcus 7002 (7002 DnaA). DNA encoding the respective DnaA was integrated into the chromosomal neutral site I (NS I) of Synechococcus elongatus. HA-DnaA expression was driven by the promoter of S. elongatus dnaA. (B) Immunoblot analysis of the expression of HA-DnaA in S. elongatus. Total proteins were subjected to immunoblotting using an anti-HA antibody. Coomassie Brilliant Blue (CBB)-stained proteins are shown as a loading control. (C) ChIP-qPCR analysis of the affinity of the binding of DnaA to the oriC region (DnaA-boxes) of the S. elongatus chromosome. The DnaA-chromatin complex was immunoprecipitated using an anti-HA antibody. The samples were quantified using qPCR with the primers representing the oriC region (oriC: solid bar) and Syf1294, which is farthest from oriC in the circular chromosome and lacks a DnaA-box sequence (1294: open bar). The percent recoveries of input DNA are indicated with the standard deviation (n = 3 biological replicates).


We next expressed HA-DnaA in each of the above species under the control of their respective endogenous dnaA promoters (Supplementary Figure S3B,C). Immunoblotting using an anti-HA antibody showed that the level of HA-DnaA in Synechococcus sp. PCC 7002 (deduced size including the HA-tag = 54.4 kDa) was lower compared with that of S. elongatus (deduced size including HA-tag = 55.9 kDa) (Figure 7). Further, we did not detect HA-DnaA in Synechocystis sp. PCC 6803 (deduced size including HA-tag = 53.9 kDa) (Figure 7). Thus, in contrast to S. elongatus, in which dnaA is essential for chromosome replication, the level of DnaA was below the detection limit in Synechocystis sp. PCC 6803 or very low in Synechococcus sp. PCC 7002, in which complete deletion of dnaA had no effect on chromosome replication.
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FIGURE 7. Comparison of DnaA expression levels in Synechococcus elongatus, Synechocystis sp. PCC 6803, and Synechococcus sp. PCC 7002. DNAs encoding HA-tagged DnaA of S. elongatus (7942), Synechocystis sp. PCC 6803 (6803), or Synechococcus sp. PCC 7002 (7002) were integrated into the respective chromosomal dnaA locus (Ohbayashi et al., 2019; Supplementary Figure S3B,C). HA-DnaA expression was driven by the endogenous dnaA promoter. Exponentially growing transformants were inoculated into fresh inorganic medium and cultured for 6 h with illumination (70 μmol m– 2 s– 1). The same amounts (80 μg) of proteins extracted from the respective cultures were subjected to immunoblotting using an anti-HA antibody. The respective WTs served as negative controls. CBB-stained protein samples are shown as a loading control.




DISCUSSION

The chromosome of S. elongatus is replicated from a unique origin (oriC) in a DnaA-dependent manner, similar to the mechanism employed by most bacterial species (Ohbayashi et al., 2016). In contrast, in Synechocystis sp. PCC 6803 and Nostoc sp. 7120, DnaA is not required for chromosome replication, which is initiated from multiple sites (Ohbayashi et al., 2016). Here we extended these findings to show that chromosome replication in Synechococcus sp. PCC 7002, which is evolutionarily related to Synechocystis sp. PCC 6803, is initiated from a unique origin in a DnaA-independent manner, unlike Synechocystis sp. PCC 6803. We further found that certain free-living cyanobacterial species do not possess dnaA. The DnaA-oriC-independent species Synechococcus sp. PCC 7002 and Synechocystis sp. 6803, four dnaA-negative free-living species, and two dnaA-negative endosymbiotic species are phylogenetically closely related (clade B2 in Figure 1A). Their phylogenetic positions suggest that (1) loss of dnaA from the common ancestor of the four dnaA-negative free-living species (Figure 1A, clade 1), (2) the loss of dnaA from the symbiont Epithemia turgida, and (3) loss of dnaA in the symbiont Atelocyanobacterium were independent events. Further, the loss of dnaA from other endosymbiotic species (Nostoc azollae 0708 and Paulinella chromatophora), as well as from the common ancestor of chloroplasts, occurred independently. Similarly, an ancestor of Nostoc sp. 7120 (clade B1 in Figure 1A) independently lost DnaA-oriC-dependence of an ancestor(s) of Synechocystis sp. PCC 6803 and Synechococcus sp. PCC 7002 (Figure 1A). Thus, the DnaA-oriC-dependent chromosome replication mechanism was lost multiple times during cyanobacterial evolution.

In bacterial groups other than cyanobacteria, there has been no report on free-living species that does not possess dnaA gene. However, the genomes of certain bacterial symbionts of insects such as Wigglesworthia glossinidia (Akman et al., 2002), Blochmannia floridanus (Gil et al., 2003), and Candidatus Carsonella ruddii (Nakabachi et al., 2006) do not encode dnaA, although they encode genes required for replication (e.g., DNA helicase, DNA polymerase, and DNA primase) (Klasson and Andersson, 2004). Further, mitochondrial and their eukaryotic host genomes do not encode dnaA (Ohbayashi et al., 2016). Moreover, certain dnaA-negative symbionts possess multiple copies of the same chromosomes as do mitochondria, chloroplasts, and most cyanobacterial species (Bendich, 1987; Griese et al., 2011; Sargent et al., 2016). Thus, loss of DnaA-dependent chromosome replication and loss of dnaA are associated with an increase in chromosomal copy number per cell/organelle. At this point, it is unclear how the loss of dnaA and endosymbioses are related. One possibility is that loss of a DnaA-oriC-regulated mechanism of chromosome replication in endosymbionts was presumably advantageous for host cells to regulate the proliferation of endosymbionts and the replication of their chromosomes.

Another important question is the nature of the function of DnaA in dnaA-positive but DnaA-oriC-independent species such as Synechococcus sp. PCC 7002, Synechocystis sp. PCC 6803, and Nostoc sp. PCC 7120. Another function of DnaA is to regulate the transcription of a discrete set of genes. For example, B. subtilis DnaA binds DnaA-boxes of eight intergenic chromosomal regions and positively or negatively regulates transcription of specific genes (Ishikawa et al., 2007). However, complete disruption of dnaA of Synechocystis sp. PCC 6803, Nostoc sp. PCC 7120 (Ohbayashi et al., 2016), and Synechococcus sp. PCC 7002 (this study) did not affect growth under optimal growth conditions. Further, we show here that when Synechocystis sp. PCC 6803 is grown under optimal growth conditions, the level of DnaA was below the detection limit. Thus, even if DnaA is involved in transcriptional regulation, the function is not essential in these three DnaA-oriC-independent species. At this point, the function of DnaA in these species remains unclear.

Although the GC and CDS skews of most bacteria exhibit clear asymmetric profiles with shift points at ori and ter, the chromosomes of most cyanobacterial species exhibit irregular patterns. Exceptions such as S. elongatus, which exhibits regular GC and CDS skew profiles, were found only in the clades C-G in the phylogenetic tree (Figure 1 and Supplementary Figures S4, S5). The common feature of this group is its relatively lower ploidy level compared with other clades (Griese et al., 2011; Sargent et al., 2016). Further, species with relatively reduced genome sizes only occur in the clades C-G (Shih et al., 2013). Thus, loss of regular GC and CDS skews during cyanobacterial evolution presumably correlated with an increase in the chromosomal copy number, although further characterization of genome copy number in many more cyanobacterial species (species in which ploidy level has not been determined in Figure 1A) is required. It is assumed that in most bacteria the asymmetrical replication machinery between that of the leading strand and that of the discontinuous replication in the lagging strand contributes to differential mutational bias (Bhagwat et al., 2016). Further, evidence indicates that transcriptional mutations create strand-specific nucleotide compositional skew (asymmetric GC skew) (Francino et al., 1996; Rocha et al., 2006; Chen et al., 2016). In most bacteria, genes are preferentially encoded by the leading strand (asymmetric CDS skew), which may be advantageous to avoid the head-on collision of DNA and RNA polymerases (Merrikh et al., 2012; Hamperl and Cimprich, 2016). Further, a preference in the third codon position for G vs. C and T vs. A in bacterial genes may have contributed to the creation of strand-specific nucleotide compositions (Kerr et al., 1997; McLean et al., 1998). In most cyanobacteria, multiple copies of the same chromosomes are replicated asynchronously while transcription occurs in all copies (Ohbayashi et al., 2019). This characteristic of multiple copies of the same chromosomes theoretically reduces the frequency of the head-on collision of DNA and RNA polymerases, leading to loss of regular GC and CDS skews during cyanobacterial evolution.
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FIGURE S1 | The full phylogenetic tree (partially shown in Figure 1A) with the outgroups and accession numbers of sequences. Branch lengths are proportional to the number of nucleotide substitutions indicated below the tree. Sequences of Escherichia coli K-12, Rhodobacter sphaeroides, and Bacillus subtilis 168 served as an outgroup. The accession numbers are indicated next to the species name. Other details are described in Figure 1.

FIGURE S2 | Growth curves of S. elongatus, C. aponinum PCC 10605, and Geminocystis sp. NIES-3708. (A) An exponentially growing culture of each species was inoculated into fresh inorganic medium and cultured with air bubbling in the light (70 μmol m–2 s–1) at 30°C. The arrow indicates the sampling time for the other analyses. The black and white arrowheads indicate sampling points of exponential and stationary phases, respectively. (B) Growth rate at the exponential phase.

FIGURE S3 |
Generation of transformants. (A) To express SSB-GFP in Synechococcus sp. PCC 7002, the gfp orf was integrated into the chromosome immediately before the stop codon of the ssb loci of the wild type (WT) and ΔdnaA genomes. Gmr was used as a selectable marker. Insertion of gfp and Gmr into the chromosomal ssb locus was confirmed using PCR with the primers indicated by the arrows below the illustration. The WT served as a negative control. (B,C) To express HA-DnaA under the control of the dnaA promoters of Synechococcus sp. PCC 7002 (B) and Synechocystis sp. PCC 6803 (C), DNA encoding HA-DnaA was integrated into the chromosomal dnaA locus of each species. Spr was used as a selectable marker. Insertion of the gene encoding HA and Spr into the chromosomal dnaA locus of each species was confirmed using the primers indicated by the arrows below the illustrations.

FIGURE S4 | Cumulative GC skew profiles of cyanobacterial species not shown in Figure 1B. Nostoc azollae possesses a pseudo-dnaA gene, which is disrupted by insertion of a transposon. Other details are described in Figure 1.

FIGURE S5 | Cumulative CDS skew profiles of cyanobacterial species not shown in Figure 1B. The details are described in Figure 1.

FIGURE S6 | Growth and chromosomal replication of Synechococcus sp. PCC 7002 ΔdnaA strains. (A) High-throughput genomic DNA reads of WT and ΔdnaA strains analyzed using IGV software. Genomic positions (1–3000 bases) including dnaA are shown. (B) Growth of ΔdnaA clones not shown in Figure 4. (C) Frequency of cells exhibiting 0 (blue), 1 (red), 2 (deep blue), or ≥3 (green) SSB-GFP foci in ΔdnaA clones not shown in Figure 4.

TABLE S1 | Primers used in this study.

DATA SHEET S1 | BRESEQ analysis of WT Synechococcus sp. PCC 7002 and ΔdnaA strains.
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The stringent response regulates bacterial growth rate and is important for cell survival under changing environmental conditions. The effect of the stringent response is pleiotropic, affecting almost all biological processes in the cell including transcriptional downregulation of genes involved in stable RNA synthesis, DNA replication, and metabolic pathways, as well as the upregulation of stress-related genes. In this Review, we discuss how the stringent response affects chromosome replication and DNA repair activities in bacteria. Importantly, we address how accumulation of (p)ppGpp during the stringent response shuts down chromosome replication using highly different strategies in the evolutionary distant Gram-negative Escherichia coli and Gram-positive Bacillus subtilis. Interestingly, (p)ppGpp-mediated replication inhibition occurs downstream of the origin in B. subtilis, whereas replication inhibition in E. coli takes place at the initiation level, suggesting that stringent cell cycle arrest acts at different phases of the replication cycle between E. coli and B. subtilis. Furthermore, we address the role of (p)ppGpp in facilitating DNA repair activities and cell survival during exposure to UV and other DNA damaging agents. In particular, (p)ppGpp seems to stimulate the efficiency of nucleotide excision repair (NER)-dependent repair of DNA lesions. Finally, we discuss whether (p)ppGpp-mediated cell survival during DNA damage is related to the ability of (p)ppGpp accumulation to inhibit chromosome replication.
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INTRODUCTION

Bacteria respond to a variety of changing environmental conditions by inducing the stringent response. Known inducers of the stringent response include nutrient limitations such as amino acids, fatty acids, carbon and nitrogen starvation, and other stresses such as high temperature and low pH (Gallant et al., 1977; Gentry and Cashel, 1996; Wells and Gaynor, 2006; Winther et al., 2018; Sinha et al., 2019; Schafer et al., 2020). The hallmark of stringent response is the accumulation of guanosine tetra- or pentaphosphate, ppGpp and pppGpp, respectively [collectively called (p)ppGpp or alarmone], which leads to reprogramming of cell physiology facilitating cell survival under stress (Potrykus and Cashel, 2008; Hauryliuk et al., 2015). Importantly, (p)ppGpp plays a role in antibiotic tolerance and is essential for virulence in pathogenic bacteria (Dalebroux et al., 2010; Hauryliuk et al., 2015). Additionally, (p)ppGpp regulates bacterial growth rates even in the absence of external environmental stress (Potrykus et al., 2011).

Alarmones are synthesized and hydrolyzed by the long RelA/SpoT Homolog (RSH) protein superfamily. In the Gram-negative γ–proteobacterium Escherichia coli, two paralogous enzymes modulate (p)ppGpp levels; monofunctional RelA, which has only synthetase activity, and bifunctional SpoT, which has both synthetase and hydrolase activities. In the spore-forming Gram-positive bacterium, Bacillus subtilis, (p)ppGpp levels are metabolized by one long RSH superfamily protein Rel and two small alarmone synthetases (SASs) called RelP and RelQ (Liu et al., 2015; reviewed in Ronneau and Hallez, 2019). Accumulation of (p)ppGpp rapidly alters the levels of a wide range of gene transcripts and metabolites to allow cell survival and adaptation to new growth conditions (Eymann et al., 2002; Traxler et al., 2008). The major changes involve transcriptional down-regulation of genes involved in stable RNA (rRNA and tRNA) synthesis, DNA replication, and metabolic pathways, whereas genes engaged in stress and amino-acid biosynthesis are activated (Sanchez-Vazquez et al., 2019; Gummesson et al., 2020). In E. coli, (p)ppGpp directly binds two sites on RNA polymerase (RNAP) to allosterically alter its binding to- and efficiency at different gene promoters, which results in genome-wide transcriptional reprogramming. (p)ppGpp binding to RNAP and the consequent RNAP-driven transcriptional response is potentiated by another small RNAP binding protein, DksA (reviewed in Gourse et al., 2018). In B. subtilis, RNAP lacks critical (p)ppGpp binding sites and no DskA homologs have been identified. As a consequence, (p)ppGpp does not directly target B. subtilis RNAP. Instead (p)ppGpp synthesis strongly depletes the pool of available GTP, which leads to an indirect inhibition of stable RNA promoter activity since GTP is used as start nucleotide for most of the stable RNAs (Krasny and Gourse, 2004; Gourse et al., 2018; Sanchez-Vazquez et al., 2019). Importantly, apart from transcriptional responses, (p)ppGpp directly targets many other proteins to affect metabolic processes such as nucleotide metabolism and biosynthetic pathways (Zhang et al., 2018, 2019; Wang et al., 2019).

Here, we discuss how the stringent response affects chromosome replication, DNA damage and repair activities, focusing mainly on recent studies done in the evolutionarily distant E. coli and B. subtilis.



ROLE OF THE STRINGENT RESPONSE IN CHROMOSOME REPLICATION

In E. coli, chromosome replication initiates at a single origin of replication, oriC, which contains an AT-rich region and multiple binding-sites for the initiator protein, DnaA (Leonard and Mechali, 2013). DnaA belongs to the family of AAA + proteins and binds ATP and ADP with similar affinity (Sekimizu et al., 1987), of which only the ATP-bound form, DnaAATP, is required for oligomerization at oriC, and hence active for initiation (reviewed in Skarstad and Katayama, 2013; Riber et al., 2016). Origin unwinding leads to loading of DNA helicase, DnaB, onto single-stranded DNA (ssDNA) by the helicase loader, DnaC, followed by recruitment of primase, DnaG, as well as assembly of two replisomes to direct replication bidirectionally, until the replication forks meet and terminate at the terminus region, opposite to oriC (Kornberg and Baker, 1992). In B. subtilis, chromosome replication is mediated by the same overall steps, but the bipartite replication origin, containing two DnaA-box clusters separated by the dnaA gene (Moriya et al., 1992), is structurally different as compared to the continuous replication origin of E. coli. Also, assembly of the helicase, DnaC, onto ssDNA by the helicase loader, DnaI, occurs via a different mechanism known as “ring assembly” (Soultanas, 2012), but the following recruitment of DnaG primase and assembly of the replication elongation machinery is largely similar to that of E. coli (reviewed by Jameson and Wilkinson, 2017).

Highly different strategies have been adopted for (p)ppGpp-mediated chromosome replication inhibition in E. coli and B. subtilis. It is widely accepted that replication arrest in B. subtilis occurs downstream from the origin (i.e., on the elongation level), whereas replication inhibition in E. coli occurs at the initiation level, suggesting that stringent cell cycle arrest points differ between E. coli and B. subtilis (Levine et al., 1991).


(p)ppGpp-Mediated Inhibition of Initiation of Chromosome Replication

High levels of (p)ppGpp inhibit chromosome replication initiation in E. coli (Levine et al., 1991; Schreiber et al., 1995; Ferullo and Lovett, 2008; Riber and Lobner-Olesen, 2020), but the exact mechanism responsible for this inhibition has been somewhat unclear. However, several recent papers have made crucial discoveries adding valuable insight into this area of research.

Previously, the transcriptional activity of both dnaA operon promoters was reported to be stringently controlled (Chiaramello and Zyskind, 1990; Zyskind and Smith, 1992), suggesting that reduced dnaA gene transcription, and hence lowered de novo DnaA protein synthesis, could explain the initiation arrest observed in the presence of elevated (p)ppGpp levels. This was supported by a recent study, reporting that continued DnaA synthesis, expressed from a (p)ppGpp-insensitive T7 RNAP-dependent promoter, allowed for replication initiation during (p)ppGpp accumulation (Riber and Lobner-Olesen, 2020). Additionally, it was reported that polyphosphate during the stringent response activates Lon protease to degrade DnaAADP. As several regulatory systems work in concert to convert DnaAATP into DnaAADP (Katayama et al., 1998; Kato and Katayama, 2001; Kasho and Katayama, 2013), this indirectly lowers the amount of active DnaAATP, causing replication initiation to cease (Gross and Konieczny, 2020). However, degradation of DnaA has been reported only for Caulobacter crescentus, and not for E. coli (Gorbatyuk and Marczynski, 2005; Katayama et al., 2010). Also, recent data give no indication of DnaA degradation during (p)ppGpp accumulation (Riber and Lobner-Olesen, 2020).

Interestingly, several studies address the importance of DnaA activity, i.e., the DnaAATP-to-DnaAADP ratio, during (p)ppGpp accumulation. Continuous de novo DnaA synthesis was found to allow for new rounds of replication initiation during (p)ppGpp accumulation (Riber and Lobner-Olesen, 2020). As the level of ATP is more abundant than ADP in the cell (Petersen and Møller, 2000), and because DnaA binds these nucleotides with similar affinity (Sekimizu et al., 1987), de novo synthesized DnaA will be mainly ATP-bound, which ensures that the pool of DnaAATP is continuously being replenished. Thus, while overall cell growth ceases due to (p)ppGpp accumulation DnaAATP continues to increase due to de novo synthesis, which in turn allows for continued replication initiation during high levels of (p)ppGpp. In contrast, overproduction of DnaA during otherwise normal cell growth does not notably increase the DnaAATP level (Flatten et al., 2015). Following induction of (p)ppGpp in such cells, transcription of dnaA will be repressed, which results in insufficient accumulation of active DnaAATP to sustain further initiations (Kraemer et al., 2019).

Altogether, these observations suggest that (p)ppGpp-mediated replication initiation inhibition occurs through prevention of de novo DnaA synthesis, which lowers both the amount and activity (i.e., ATP-bound status) of DnaA. In agreement with this, (p)ppGpp fails to arrest replication initiation in cells where a hyperactive DnaA protein, mimicking ATP-bound DnaA, is overproduced (Kraemer et al., 2019).

Limitation of DnaA does, however, not seem to be the sole mechanism responsible of (p)ppGpp-mediated replication initiation inhibition. Recent studies emphasize lack of transcriptional activation of oriC to explain the negative effect of (p)ppGpp on initiation. Here, (p)ppGpp-driven reduction in transcriptional activity of promoters located close to oriC, presumably preventing introduction of negative supercoils in the wake of the migrating RNA polymerase complex, was suggested to cause less transcriptional activation of the origin, hence inhibiting initiation (Kraemer et al., 2019). Also, DNA gyrase (gyrA) and topoisomerase IV (parC) expression was found to be inhibited by high levels of (p)ppGpp, and the negative superhelicity of oriC was suggested to be lowered, despite not actually being measured (Fernandez-Coll et al., 2020).

Both mioC and gidA promoters, located adjacent to oriC, can be deleted without measurable effects (Lobner-Olesen and Boye, 1992; Bates et al., 1997; Lies et al., 2015), showing that they are dispensable for replication initiation during normal growth. However, when oriC becomes sufficiently impaired for initiation, such as when DnaA box R4 is deleted, transcription from these promoters becomes important (Bates et al., 1997). This is supported by the initiation kinetics of rifampicin and chloramphenicol. As rifampicin inhibits transcription initiation (Hartmann et al., 1967) rifampicin-treated cells will gradually stop to accumulate DnaA, but translation will continue as long as intact dnaA mRNA is present. On the other hand, chloramphenicol treatment will immediately block DnaA translation (Vazquez, 1979). Yet, chloramphenicol did not inhibit initiation as fast as rifampicin (Lark, 1972; Messer, 1972; Riber and Lobner-Olesen, 2020). As transcription is still on-going in chloramphenicol treated cells, this supports the ability of transcriptional activation of oriC to allow for extra initiations during suboptimal, e.g., DnaA limiting, conditions.

In conclusion, failure to de novo synthesize DnaA (i.e., reduced dnaA transcription) and to replenish the DnaAATP pool along with lowered transcriptional activation of oriC (i.e., reduced gidA/mioC and/or gyrA/parC transcription) contribute in arresting replication initiation during (p)ppGpp accumulation in E. coli (Figure 1A; left). However, it is difficult to quantitate the exact contribution from each of those mechanisms.
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FIGURE 1. Overview of (p)ppGpp-meditated inhibition of chromosome replication in E. coli (A) and B. subtilis (B). In E. coli (A) replication inhibition occurs at the initiation level during (p)ppGpp accumulation. Here, (p)ppGpp binds the RNA Polymerase (RNAP), which indirectly affects the global gene expression profile through RNAP-driven transcriptional reprogramming. Downregulated gene transcripts include dnaA, gidA, mioC, gyrA, and parC, leading to lack of de novo DnaA synthesis and possibly lowered transcriptional activation of oriC, which all together contribute in arresting replication initiation during (p)ppGpp accumulation. Also, (p)ppGpp binds DnaG primase in vitro, but replication elongation remains unaffected in vivo. As GTP levels are not significantly reduced in E. coli during (p)ppGpp accumulation, and since GTP also binds DnaG, we hypothesize that GTP might outcompete (p)ppGpp in binding DnaG in vivo (this hypothesis is marked as *). In B. subtilis (B) replication inhibition occurs at the elongation level during (p)ppGpp accumulation. Here, (p)ppGpp binds IMP dehydrogenase, lowering the pool of available GTP, as well as DnaG. The significantly reduced level of GTP leads to DnaG being susceptible to strongly binding (p)ppGpp in vivo. Substantial replication occurs at the B. subtilis origin during (p)ppGpp accumulation, possibly because (p)ppGpp does not directly bind RNAP, excluding any RNAP-driven transcriptional reprogramming, or any replication initiation proteins.




(p)ppGpp-Mediated Inhibition of Elongation of Chromosome Replication

In contrast to E. coli, substantial replication occurs at the B. subtilis origin following induction of the stringent response. Also, regulation of chromosome replication initiation was shown to be independent of (p)ppGpp accumulation in B. subtilis (Levine et al., 1991; Murray and Koh, 2014). This indicates that (p)ppGpp might not regulate the synthesis of replication initiation proteins and/or transcriptional activation of oriC in B. subtilis. The lack of RNAP-driven transcriptional reprogramming due to B. subtilis RNAP not being a direct target of (p)ppGpp partly supports the latter (Figure 1B; left). Replication was instead shown to be arrested at distinct termination sites located approximately 200 kb downstream on either side of oriC (Levine et al., 1991), suggesting (p)ppGpp-mediated inhibition of chromosome replication in B. subtilis to be regulated at the post-initiation level.

By using genomic microarrays to monitor the progression of replication forks in synchronized cell cultures of B. subtilis, it was later revealed that starvation-induced replication arrest occurred throughout the chromosome, irrespective of the location of the replication forks. A direct (p)ppGpp-mediated inhibition of DNA primase (DnaG) activity, known to affect replication fork progression (Wu et al., 1992; Lee et al., 2006), was proposed to underlie the observed replication elongation arrest (Wang et al., 2007). This inhibition was found to be dose-dependent, suggesting that the severity of stress (i.e., concentration of (p)ppGpp) is tightly coupled to an equivalent reduction in replication progression rate, thus providing a tunable stress response (Wang et al., 2007; Denapoli et al., 2013). Interestingly, replication forks arrested in the presence of high levels of (p)ppGpp did not recruit the SOS response protein RecA, indicating that stalled forks were not disrupted, but reversibly halted with the ability to restart replication upon nutrient availability (Wang et al., 2007). These observations support that (p)ppGpp-mediated primase inhibition serves to maintain genome integrity during periods of stress.

Another factor that might contribute to the strong (p)ppGpp inhibition of progressing replication forks in B. subtilis is the equivalent decrease in the cellular pool of GTP available for continued DNA strand extension. This decrease is caused by increased consumption of GTP during (p)ppGpp biosynthesis, and by a direct inhibition of the activity of inosine monophosphate (IMP) dehydrogenase that catalyzes an early step in GTP biosynthesis (Lopez et al., 1981; Figure 1B; right).

(p)ppGpp binds and inhibits the E. coli DnaG primase in vitro (Maciag et al., 2010; Rymer et al., 2012). To date, no other replication proteins in E. coli, including DnaA, have been reported as direct targets for (p)ppGpp (Zhang et al., 2018; Wang et al., 2019). Obviously, this finding contradicts decades of research stating that ongoing rounds of replication are continued until completion following induction of the stringent response in E. coli, proposing that DNA replication elongation is not arrested during (p)ppGpp accumulation in vivo (Schreiber et al., 1995; Ferullo and Lovett, 2008; Kraemer et al., 2019; Riber and Lobner-Olesen, 2020). DeNapoli et al. did quantify genome-wide replication fork progression in E. coli and revealed that the replication elongation rate was modestly reduced by (p)ppGpp induction, but possibly the response was restricted to acute stress conditions (Denapoli et al., 2013).

Factors preventing binding of (p)ppGpp to DnaG, or the competing action between RNAP and DnaG in binding (p)ppGpp, were suggested to explain the lack of effect on DnaG activity in vivo (Maciag et al., 2010). Indeed, (p)ppGpp was found to bind DnaG at partially overlapping sites with nucleotides and inhibit primase activity in a GTP-concentration dependent manner (Rymer et al., 2012). As GTP levels are not reduced by more than 50% in E. coli during the stringent response (Varik et al., 2017), whereas B. subtilis experiences a significant drop in GTP concomitant with (p)ppGpp accumulation (Ochi et al., 1982), this supports a stronger (p)ppGpp-mediated binding to- and inhibition of DnaG in B. subtilis, hence leading to a more potent inhibition of replication elongation as compared to E. coli (Figures 1A,B; right).




ROLE OF THE STRINGENT RESPONSE IN DNA DAMAGE AND REPAIR

Bacterial genomic integrity is often threatened by DNA damage induced either by natural fork breakage, fork stalling, replication-transcription collision, or by external threats such as radiation and DNA modifying drugs (Kuzminov, 1999). Faithful damage repair orchestrated by DNA repair proteins is essential to maintain genomic integrity, chromosomal replication and cell viability. Accordingly, mutants lacking repair proteins are sensitive to DNA damaging agents and are less viable (Van Houten, 1990; Kuzminov, 1999; Sinha et al., 2020). Since (p)ppGpp binding to RNAP in E. coli destabilizes the open promoter complexes, it is expected to modulate replication-transcription collision and to play a role in maintaining genomic integrity.

The observation that loss of both RelA and SpoT (ppGpp0 strain), i.e., inability to synthesize (p)ppGpp, enhanced UV sensitivity of an E. coli ruvAB mutant, suggested a possible role of (p)ppGpp in facilitating DNA repair (McGlynn and Lloyd, 2000). RuvAB along with RuvC play a role in branch migration and resolution of Holliday junctions, formed during RecBCD-RecA-mediated DNA double-strand break (DSB) repair and RecFOR-RecA-mediated gap repair (Kuzminov, 1999; Sinha et al., 2020). Interestingly, a slight increase in the basal level of (p)ppGpp by using the spoT1 allele, having reduced (p)ppGpp hydrolytic activity, improved UV survival of the ruvAB mutant (McGlynn and Lloyd, 2000). Thus, high (p)ppGpp increases/promotes viability, whereas no (p)ppGpp increases UV sensitivity of the ruvAB mutant. The ppGpp0 strain alone was also found to be UV sensitive (McGlynn and Lloyd, 2000).

The ppGpp0 strain displays an amino acid auxotrophy phenotype and accumulates suppressor mutations (known as “stringent mutants”) that allow cells to grow in minimal medium lacking amino acids. These suppressor mutations occur in RNAP subunits encoded by rpoB and rpoC (Zhou and Jin, 1998; McGlynn and Lloyd, 2000), and were shown to destabilize the transcriptional complex in a manner similar to (p)ppGpp binding to RNAP (Trautinger et al., 2005). Remarkably, some of these suppressor mutations (denoted rpo∗) significantly improved survival of the ΔrelA ΔspoT ΔruvAB strain after UV treatment (McGlynn and Lloyd, 2000).

Thus, it was proposed that (p)ppGpp/rpo∗-mediated destabilization of transcriptional complexes reduces the occurrence of stalled RNAP on DNA, hence allowing free space for efficient excision repair of UV-induced DNA lesions and for simultaneous facilitation of replication fork progression by avoiding replication-transcription conflicts (McGlynn and Lloyd, 2000; Trautinger and Lloyd, 2002; Trautinger et al., 2005). Additionally, it was shown that (p)ppGpp-mediated suppression of ruvAB mutant UV sensitivity is complex and requires RecA, RecG, and PriA, but not RecBCD, and was proposed to involve replication fork stalling, regression and restart (McGlynn and Lloyd, 2000). Since replication fork stalling, regression and restart are the major reactions following UV irradiation in E. coli cells (Khan and Kuzminov, 2012), the most plausible explanation for the UV resistance phenotype of spoT1 ruvAB (or rpo∗ ruvAB) cells would be destabilization of the RNAP array allowing replication forks to directly encounter DNA lesions followed by an active fork regression and lesion bypass, instead of fork breakage, to facilitate replication restart (Trautinger et al., 2005; Figure 2).


[image: image]

FIGURE 2. Overview of (p)ppGpp-meditated repair of UV induced DNA damage in E. coli. The UV induced DNA lesions arrest RNAP and halt transcription progression (A). This can lead to frequent replication-transcription collision. In (A), only co-directional collision has been shown but there is an equal possibility for head-on collision and both threaten genomic integrity. This scenario will probably be escalated in absence of (p)ppGpp since the RNAP array will be stably arrested for a long time in absence of (p)ppGpp (A–E). Whereas, (p)ppGpp binding to RNAP will destabilize it and remove it from the DNA template. Removal of RNAP will help in two ways: 1. It will create space to load NER proteins and remove/repair DNA lesions. 2. It will help the replication fork to progress toward DNA lesions (B). Arrested replication forks can get reversed with the help of RecFOR mediated RecA loading and fork regression (C). DNA synthesis and resetting of the replication fork will help in lesion bypass (D). DNA lesions can be removed and repaired by NER pathways either at the (C,D) step. This model is adapted from Trautinger et al. (2005).


In contrast to UV, high (p)ppGpp (or rpo∗) cannot suppress sensitivity of the ΔruvAB strain against exposure to mitomycin C (MMC) or γ rays (McGlynn and Lloyd, 2000). It should be noted that DNA lesions generated by both UV and MMC are removed/repaired by nucleotide excision repair (NER) (Van Houten, 1990). However, MMC treatment generates inter-strand crosslinks that most often get converted into DSBs, whereas UV treatment induces intra-strand pyrimidine dimers with generation of DSBs being primarily dependent on replication fork stalling at the lesion site (Khan and Kuzminov, 2012). These observations exclude a direct role of (p)ppGpp in DSBs repair.


Transcription-Coupled DNA Repair (TCR)

Another study, corroborating the above finding, confirmed that E. coli ppGpp0 cells were highly sensitive to UV radiation, 4-nitroquinoline-1-oxide (4NQO), and nitrofurazone (NFZ) (Kamarthapu et al., 2016). These agents induce formation of DNA adducts, which are mainly removed and repaired by NER pathways (Ikenaga et al., 1975; Ona et al., 2009). Remarkably, wild-type cells rapidly accumulated a 20-fold increase in (p)ppGpp when treated with 4NQO or NFZ, suggesting that DNA lesions induce (p)ppGpp synthesis. However, the mechanism of (p)ppGpp synthesis during these treatments remains to be determined (Kamarthapu et al., 2016).

TCR is defined by an active transcription-dependent increase in excision repair of lesions on the transcribed DNA strand in comparison to the non-transcribed strand (Mellon and Hanawalt, 1989). Two factors, Mfd and UvrD, promote TCR by two different pathways: by pushing RNAP forward of the DNA lesion and by promoting RNAP backtracking, respectively, followed by recruitment of NER proteins, such as UvrAB at the lesion site (Mellon and Hanawalt, 1989; Kamarthapu and Nudler, 2015). Interestingly, the preference for repairing the transcribed strand rather than the non-transcribed strand was abolished in ppGpp0 cells suggesting that (p)ppGpp is crucial for TCR. Since the sensitivity of ppGpp0 cells to UV, 4NQO or NFZ was epistatic to uvrD mutant sensitivity, it was proposed that (p)ppGpp potentiates the pro-backtracking activity of UvrD (Kamarthapu et al., 2016). The role of (p)ppGpp in facilitating TCR can also occur independent of UvrD either by promoting RNAP backtracking by destabilizing and removing RNAP complexes from tightly packed arrays at the highly transcribed ribosomal genes, thus creating space for backtracking, or by reducing the number of ribosomes trailing RNAP to make space for backtracking (Rasouly et al., 2017). However, extensive backtracked RNAP might increase the risk of replication-transcription collision and has the capacity to induce DSBs and genomic instability (Dutta et al., 2011). The conundrum is perhaps resolved by (p)ppGpp-mediated inhibition of replication initiation, thus minimizing the frequency of replication-transcription collisions when RNAP backtracking is needed to repair genotoxic lesions on DNA.

In B. subtilis, the SMC-ScpAB complex is important for chromosome condensation and segregation, and Δsmc mutants exhibit pleiotropic phenotypes including defects in chromosome condensation, segregation, DNA repair and viability at high temperature. Upregulation of the stringent response has been shown to suppress chromosome segregation defects, hypersensitivity to gyrase inhibitors and restore viability of Δsmc mutants (Benoist et al., 2015). Since the stringent response slows down replication elongation in B. subtilis, it might be possible that slow replication allows chromosome segregation to occur even in the absence of the SMC-ScpAB complex. This hypothesis finds support as Δsmc mutant cells grow well in minimal medium (i.e., slow growth conditions) as compared to no growth in rich medium (i.e., fast growth conditions) at 37°C (Benoist et al., 2015). Similar studies for the role of the stringent response in chromosome segregation mutant cells of E. coli have not been reported.




CONCLUDING REMARKS

Based on the highlights presented throughout this review, the stringent response has clearly proven to affect both bacterial chromosome replication and DNA repair activities. However, whereas (p)ppGpp accumulation negatively affects replication initiation and replication elongation in E. coli and B. subtilis, respectively, the effect of (p)ppGpp-mediated modulation of DNA repair activities seems positive. Indeed, the absence of (p)ppGpp makes E. coli cells sensitive to UV and other DNA damaging agents, and studies suggest a role of (p)ppGpp in enhancing the efficiency of NER-dependent repair of DNA lesions, most likely by destabilizing RNAP complexes and making space for recruitment of NER proteins. Interestingly, these observations might be coupled to (p)ppGpp-mediated replication inhibition, which prevents replication-transcription collisions and/or reduces the frequency of replication forks meeting the UV lesions, thus assisting efficient NER-mediated repair. This intriguing hypothesis, connecting the negative effect of (p)ppGpp on replication to (p)ppGpp-driven stimulation of DNA repair activity, can easily be tested by using a system where (p)ppGpp-dependent replication inhibition is abrogated as recently described (Riber and Lobner-Olesen, 2020).
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Both intrinsic and extrinsic mechanisms regulating bacterial expression have been elucidated and described, however, such studies have mainly focused on local effects on the two-dimensional structure of the prokaryote genome while long-range as well as spatial interactions influencing gene expression are still only poorly understood. In this paper, we investigate the association between co-expression and distance between genes, using RNA-seq data at multiple growth phases in order to illuminate whether such conserved patterns are an indication of a gene regulatory mechanism relevant for prokaryotic cell proliferation, adaption, and evolution. We observe recurrent sinusoidal patterns in correlation of pairwise expression as function of genomic distance and rule out that these are caused by transcription-induced supercoiling gradients, gene clustering in operons, or association with regulatory transcription factors (TFs). By comparing spatial proximity for pairs of genomic bins with their correlation of pairwise expression, we further observe a high co-expression proportional with the spatial proximity. Based on these observations, we propose that the observed patterns are related to nucleoid structure as a product of transcriptional spilling, where genes actively influence transcription of spatially proximal genes through increases within shared local pools of RNA polymerases (RNAP), and actively spilling transcription onto neighboring genes.
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INTRODUCTION

Coordinating the expression of functionally related genes in relation to environmental cues is pivotal for successful competition between species adapting to changing growth conditions (McAdams et al., 2004; Dillon and Dorman, 2010; Binder et al., 2016). This is evident through mutational experiments, and the optimization of gene expression is considered a fundamental driving force in evolution (McAdams et al., 2004; Seward and Kelly, 2018). Several mechanisms for optimization of co-expression are employed by prokaryotes to align and time expression of genes and to reduce energy spent on regulation, including co-regulation through association of transcription factors (TFs) and sigma factors (SFs; McAdams et al., 2004; Djordjevic, 2013). Genes related within highly defined functional groups are furthermore often organized into co-transcribed and co-regulated groups termed operons. In addition, operons and genes within less defined functional groups are further organized into larger domains (~20 kbp) of coordinated expression termed supra-operons (Junier et al., 2016, 2018).

The bacterial nucleoid requires extensive but reversible compaction to fit inside the confinements of the cell (up to >1.000 fold in length), while retaining accessibility of the entire chromosome (Krogh et al., 2018). Forces compacting the nucleoid include the association of DNA with specific proteins, transcription-induced DNA supercoiling, macromolecular crowding and entropy-driven depletion attraction, whereas the primary hypothesized expanding force is the coupling of transcription, translation, and membrane-insertion of membrane associated proteins, collectively referred to as transertion (Woldringh et al., 1995; Zimmerman, 2002; Cabrera et al., 2009; Mondal et al., 2011; Bakshi et al., 2015). Nucleoid compaction requires tight control to avoid detrimental effects on the cell during growth and division (Dillon and Dorman, 2010). In Escherichia coli the nucleoid is condensed during rapid exponential growth, with RNA-polymerases (RNAP) mainly located at a few highly active spatial loci (Cabrera and Jin, 2003; Cabrera et al., 2009). During entry into stationary growth phase the nucleoid of E. coli decondenses to cover most of the cell, with RNAP located all over the nucleoid (Cabrera and Jin, 2003). Finally, during late stationary growth, the nucleoid is highly condensed into a crystal-like structure together with the nucleoid associated protein (NAP) Dps (Frenkiel-Krispin et al., 2004; Kim et al., 2004). Based on DNA-DNA interaction studies, the E. coli nucleoid has been found to be divisible into four structured and two non-structured macrodomains (Valens et al., 2004). The number of DNA loops resulting from nucleoid compaction has been observed to be highly variable, between 40 and 500, with varying sizes (Postow et al., 2004; Stein et al., 2005; Dillon and Dorman, 2010). In conclusion, prokaryotes appear generally to have highly structured yet dynamically regulated nucleoids with distinct and relatively stable macrodomain conformations during optimal growth. These conformations are mainly established by supercoiled structures and binding of NAPs (Berger et al., 2010; Dillon and Dorman, 2010).

NAPs are a highly diverse family of proteins that share DNA-binding as the only unifying feature. The family includes a number of highly conserved members such as the HU family of histone-like proteins (Anuchin et al., 2011), and some species-specific members, such as H-NS and MukBEF (Dillon and Dorman, 2010; Krogh et al., 2018). NAPs generally exert their function by bending, winding, lassoing, or bridging DNA, thereby bringing distant genomic positions into close spatial proximity (Dillon and Dorman, 2010; Krogh et al., 2018). Due to the saturation of bacterial chromosomes with coding sequence, NAP binding sites often occur within transcribed regions. NAP binding at or in open reading frames may impact gene-regulatory regions, and indeed, many NAPs are considered important TFs (Dillon and Dorman, 2010). The intercellular levels of the different NAPs are highly diverse, and vary between different growth phases, underlining their roles in organizing the genome (Azam and Ishihama, 1999; Talukder and Ishihama, 2015).

Studies in eukaryotes suggest that inter-chromosomal co-expression of genes may be facilitated in part by nuclear structure, and consistent correlation can be observed across expression datasets from highly diverse conditions (Kustatscher et al., 2017). The organization of the prokaryotic genome suggests that similar relationships between co-expression of genes and nucleoid structure may be highly relevant for bacterial gene regulation (Jeong et al., 2004; Xiao et al., 2011; Weng and Xiao, 2014).

In E. coli, evolutionarily conserved gene pairs have been found to be located at conserved distances across multiple strains, namely at periods of 117 and 33 kbps (Wright et al., 2007; Mathelier and Carbone, 2010). Past studies in E. coli have investigated co-expression as a function of distance between genes over large microarray dataset collections, observing patterns, and defining periods of co-expression in E. coli as short-range (~20 kbps distance), medium-range (100–125 genes), and long-range (600–800 genes; Jeong et al., 2004; Mathelier and Carbone, 2010; Junier and Rivoire, 2016). Such periodic patterns, albeit with several different frequencies, have also been observed in Buchnera spp. (Viñuelas et al., 2007). However, such microarray studies, investigating correlations in expression change and distance, might be subject to a technical bias due to the probe design of microarray chips (Balázsi et al., 2003; Kluger et al., 2003; Koren et al., 2007).

In this study, we created and utilized RNA-seq data from defined growth phases of E. coli, in order to investigate the association between co-expression of genes and their relative position on the chromosome. We find recurrent sinusoidal patterns with region dependent frequencies, in correlation of pairwise expression as function of genomic distance. We investigate potential sources of the observed periodic increases in co-expression and rule out transcription-induced supercoiling gradients and operons. Furthermore, we find no immediate connection to specific binding profiles of various TFs, SFs, or NAPs. We observe that the identified patterns match existing data on DNA-DNA interaction frequencies and propose a model to explain the observed patterns through nucleoid structure and transcriptional spilling and discuss these findings in an evolutionary perspective.



MATERIALS AND METHODS


Bacterial Growth and RNA Harvest

In order to obtain transcriptional data, RNA samples of E. coli BW25113 grown in rich media were purified at OD600 0.2, 0.5, 1.2, 2.0, and 5.0 in duplicates, corresponding to early exponential, mid exponential, early stationary, mid stationary, and late stationary phases.

In short, 5 ml Lysogenic broth (or Luria Bertani broth; LB for short) w/o antibiotics were inoculated with a single colony from an ON LB agar plate with E. coli BW25113 and grown at 37°C ON. For each individual sample; 1 L flask containing 200 ml LB (2 L flask with 400 ml for early exponential sample) preheated to 37°C was inoculated to an OD600 of 0.05 and grown in a preheated 37°C water-bath with ~160 rpm aeration. OD600 was controlled regularly to confirm that culture was in the growth phase of interest. At the wanted OD600 100 ml culture (200 ml for OD600 ~0.2) was flash-frozen using liquid nitrogen, spun down at >15.000 RCF for 10 min in a −4°C precooled centrifuge. Supernatant was removed and pellets stored at −80°C for no more than 5 days, before RNA purification.

RNA purification was done using chloroform-phenol extraction, on all samples individually. In short, cell pellets were resuspended in phenol (pH ~4.5) and chloroform before heated to 80°C for 2 min under vigorous shaking. The aqueous phase was extracted and transferred into 10x volume of −20°C cold 96% ethanol and left at −20°C for 20 min for RNA precipitation. Solution was spun down at 15.000 RCF for 1 h at −4°C. Solution was removed and RNA-pellet dried and left at −80°C.

RNA-library preparation and sequencing were outsourced, following the TruSeq Stranded Total RNA standard protocol from Illumina, using a HiSeq4000. Raw data has been deposited at the national center for biotechnology information (NCBI) gene expression omnibus (GEO) database under the accession number GSE153815.



Computing the Pearson Correlation Between Bins Expressional Profiles and Estimate Periodicities Within

RNA-samples were sequenced using a Hi-seq 4,000, as 2x75bp paired-end reads. Raw reads were mapped to E. coli BW25113 (NZ_CP037857.1) or E. coli MG1655 (NC_000913.3), respectively, using Bowtie2 with local mapping settings (--local). Sequence alignment map (SAM)-files were converted to bam, sorted, and indexed using Samtools (v.0.1.19).

To avoid gene length bias, 500 bp wide genomic features were created, spanning the entire genome. Genome coverage were calculated for all features, using the Rsubread (v.2.2.4; Liao et al., 2019), for each sample respectively, and normalized to fragments per million. Due to differing ribosomal RNA (rRNA)/transfer RNA (tRNA) depletions between the causing bias in the normalization, all bins associated with rRNA/tRNA/transfer-messenger RNA (tmRNA) expression were nulled (based on genome annotations: ASM584v2 and ASM435510v1). Furthermore, all correlation values related to any bin associated with rRNA/tRNA/tmRNA computed were substituted with an empty value. Biological duplicates averaged into single datasets for each growth phase. Finally, correlation of expressional change between bins were calculated for all possible combinations of bins using the R (v.3.6.3) built-in correlation function cor() with arguments use = “complete.obs” (Figure 1A).
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FIGURE 1. (A) Simplified data processing overview. Top panel: For all datasets, genomic coverage of RNA-seq data were calculated and summed for 1,000 bp genomic bins sliding at 500 bp. (A2): Pearson correlation coefficients were computed relative to pairwise expression over all datasets between all bins. (A3): Correlation coefficients for individual genomic bins relative to all neighbors were combined, yielding individual Expressional Correlation relative to Distance Profiles (CPED-Profiles) for all genomic bins, individually. (A4): Multiple CPED-profiles were combined and averaged for bins within genomic regions of size 400 kbp. Subsequently, recurring periodicities were predicted through a Lomb-Scargle periodogram analysis, and the most statistically significant period for each region was mapped in a plot according to the center of the genomic 400 kbp region investigated.


To investigate periodicities of Pearson correlation between bins relative to distance, the average Pearson correlation for bins within windows of 400 kbp sliding at 5 kpb across the genome was calculated. Periodicities within these averaged correlation profiles were estimated using the Lomb-Scargle periodogram analysis R-package lomb (v.1.2; Ruf, 1999). Lomb-Scargle periodogram analysis was used due to its ability to detect rhythms in noisy incomplete data and the ability to ascertain the significance of estimated peaks using PNmax (Lomb, 1976; Scargle, 1982; VanderPlas, 2018). PNmax is defined as −log(p-value), hence the higher PNmax, the higher the probability of the estimated periodicity being valid. The distribution of PNmax values for all estimated periodicities across the genome observed within the transcriptional data acquired in this paper was compared to the PNmax distribution for estimated periods within 400 randomized datasets (Supplementary Figure S2). In short, data was randomized by assigning all genomic bins random unique genomic positions, followed by Lomb-Scargle periodogram analysis as described above.



Transcriptional Factor, NAP Enrichment, and Sigma Factor Enrichment

Data from RegulonDB were used. Only TFs, NAPs, and SFs associated with more than a total of 20 genomic bins (+/− 500 bp of regulatory targets) were analyzed. Regulatory targets of TFs and SFs were obtained from RegulonDB (Release: 10.7 Date: 05/04/2020; Huerta et al., 1998; Santos-Zavaleta et al., 2019).



Chromosomal Conformation Capture Comparison

For the investigation of any relation between DNA-DNA interaction frequencies and correlation of pairwise expression of genomic positions processed data from Lioy et al. (2018) were acquired from GEO database, accession GSE107301. Genomic bins used by Lioy et al. (2018) were 5 kbp wide, hence for this part correlation was calculated between bins of the same size, 5 kpb, created as described in 6.2.



General


Software

All data were aligned to E. coli K-12 substrain BW25113 (Version NZ_CP037857.1), using Bowtie2 (v.2.3.5.1; with --local; Langmead and Salzberg, 2012) via whole genome sequences retrieved through the NCBI Nucleotide database. The output SAM files were converted to Binary Alignment Map (BAM) files and subsequently sort and indexed using Samtools (v.1.10; Li et al., 2009). Initial visual verification of data was done using SeqMonk (v.1.45.4). Fragments were mapped to 500 bp genomic bins using the R-package Rsubread (Liao et al., 2019). For data analyses, R was used. R-Packages: For general data tidying and wrangling the tidyr and reshape2 were used. Plots and data-visualizations were made using ggplot2 (Wickham, 2016). For general file and data manipulation Bash, Python, and Powershell was used. Explanatory figures made in power point.



Other Species

To investigate the presence of periodic patterns in other species, RNA-seq as raw fastq data from the NCBI GEO database was retrieved and analyzed as described in 6.2 top section, see Figure 1A. Data used from Streptococcus sanguinis SK36 (Data from BioProject PRJNA381491 available at GEO database; El-Rami et al., 2018), and Listeria monocytogenes (Data from BioProject PRJNA270808 available at GEO database; Tang et al., 2015).





RESULTS


Genomic Co-expression Correlates in Periodic Patterns

Transcription is highly regulated, with the main component of the transcriptional machinery being the RNAP (Saecker et al., 2011). The RNAP scans for promoters in a three-dimensional Brownian diffusion, where it stochastically binds and releases accessible DNA stretches until a matching promoter region is recognized and transcription is initialized (Wang et al., 2013). The bacterial nucleoid is a highly structured macromolecule that dynamically changes spatial organization in response to changing growth conditions (Valens et al., 2004; Cagliero et al., 2013). Interestingly, the distribution of RNAP across the nucleoid also changes dramatically during different growth conditions, suggesting a possible link between nucleoid structure and transcription regulation (Jin and Cabrera, 2006). The link is further underlined by the impact spatial proximity has on the efficiency of regulation via TFs (Pulkkinen and Metzler, 2013). An unbiased comparison of co-expression, of otherwise functionally unrelated genes, across different datasets obtained under different growth conditions, may highlight common co-expression patterns.

Previous studies investigating patterns in co-expression have been based primarily on micro-array data. However, as early studies have revealed a risk of microarray design bias in this type of study (Supplementary Figure S1; Jeong et al., 2004; Xiao et al., 2011; Junier and Rivoire, 2016), we created transcriptomic data based on RNA-seq (materials and methods). In addition, previous studies either investigated entire large databases of micro-array data or only a few seemingly arbitrarily chosen datasets, without taking growth-specific changes to the nucleoid into account, possibly missing important structural features due to noise (Jeong et al., 2004; Xiao et al., 2011; Junier and Rivoire, 2016). Lastly, some of the previous studies erroneously consider distance as ordinal, by gene order, rather than numeric, by genomic position, leading to a misleading interpretation of period in the context of genomic distance (Supplementary Figure S1). To determine the potential effect of nucleoid structure in co-expression patterns, we investigated data from few, but well-defined growth phases, with reported changes in nucleoid compaction state (i.e., between exponential and stationary growth). This was done in order to obtain maximum dataset variation in both changes in expression and nucleoid structure (Krogh et al., 2018). This way patterns in co-expression relative to genomic position can be related to changes in nucleoid structure when moving from highly to less condensed nucleoids.

In order to investigate distance determined co-expression patterns, the acquired transcriptomic data was divided into bins of 500 bp in size. Subsequently changes in expression, induced by a change in growth phase, were compared between all possible combinations of these genomic bins and the correlation coefficients of pairwise expression were related to the distance between bins (Figures 1A-top panel, A2). This yielded a Correlation of Pariwise Expression relative to Distance Profile (CPED-Profile) for all bins, respectively (Figure 1A3). Periodic patterns in the data were analyzed by combining CPED-profiles for all bins within a given genomic window followed by an estimation of the observed wavelength of the averaged profile. Wavelength estimation was conducted by use of Lomb-Scargle least-squares frequency periodogram analysis (Figure 1A4; Lomb-Scargle for short. See methods; Lomb, 1976; Scargle, 1982; Ruf, 1999; VanderPlas, 2018).

In brief, the Lomb-Scargle method compares modeled sine/cosine frequency functions within a defined window of possible frequencies, to the experimental data and estimates the goodness of fitness by computing the least-squares. Hence, each specific region has unique estimates for all frequencies within the arbitrarily chosen range of 10–70 kbps. In Figure 2, the frequency with the highest fitness is reported for each specific region. However, we note that there may be sub or super frequencies in each region with almost as high estimated fits, explaining the abrupt changes in highest estimated period. The wavelength estimations across the entire genome (Figure 2-top panel) shows multiple large regions with a conserved estimate of wavelength, somewhat matching those defined prior by Valens et al. (2004). The regions show statistically significant periodicities estimated through PNmax defined as −log(p-value), as compared to shuffled genomes (Supplementary Figure S2). For example, at position 0–200 kbp, which shows a periodic pattern with an estimated period of 33 kpb, and terminus showing a roughly 35 kbp wavelength, as proposed based on matS domains (Dupaigne et al., 2012). This is indicative of recurring increases in co-expression for genomic bins relative to distance between bins. When looking closer at specific regions, it is evident that periodicities in co-expression are present as wavelike patterns in correlation relative to distance (Figure 2-bottom panel).
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FIGURE 2. Lomp-Scargle Periodogram frequency estimation. Top panel: Estimated frequencies of correlation profiles at a relative distance of +/− 200 kbp, for bins within 400 kbp genomic regions, sliding at 5 kbp. Dots are positioned at the genomic region middle. Black vertical lines indicate structured and unstructured (mixed) macrodomains in Escherichia coli as defined by Valens et al. (Valens et al., 2004; corrected for strain BW25113 coordinates). Blue vertical lines indicate the position of ribosomal RNA (rRNA) operons in E. coli BW25113. Left y axis indicates PNmax [−log(p-value) of the estimated period], PNmax > 3, equal p < 0.05. Bottom panel: Averaged CPED-profiles of regions (blue line), or for entire genome (gray dashed), with confidence interval (CI; 95%) of true mean. Left panel: Region 800–1,050 kbp, within Right structured macrodomain, with a predicted period of ~42 kbp. Right panel: Region 3.000–3.250 kbp, within Left unstructured macrodomain, with a predicted period of ~24 kbp.


The observed change in averaged CPED-profile depending on genomic position suggests a systematic organization of the genome. Two known structural mechanisms, which could explain such high correlation in expressional change between neighboring genes are; (1) the transcriptional clustering of genes in operons or (2) the impact of supercoiling gradients created by active transcription and/or replication. However, operons can readily be excluded as the source, since only 13 operons larger than 10 kbp exist in the E. coli genome with the largest at 17.840 bp (RegulonDB; Operons Release: 10.6 Date: 10/04/2019; Huerta et al., 1998; Santos-Zavaleta et al., 2019). This leaves mechanism (2) to be further explored.



Patterns in Co-expression Are Independent of Transcription-Induced Supercoiling Gradients

Transcription-induced supercoiling gradients are considered a central regulatory mechanism since more than 2.000 genes in E. coli are sensitive to DNA supercoiling (Blot et al., 2006; Marr et al., 2008). Such gradients are generated by the accumulation of positive supercoiling in front of the transcribing RNAP, which promote expression of downstream genes, and negative supercoiling trailing the transcribing RNAP, which will inhibit transcription of upstream genes (Liu and Wang, 1987; Ma et al., 2013). Since transcription supercoiling gradients are dependent on the orientation of transcription, the distance to neighboring bins in the CPED-profiles must be analyzed relative to transcription orientation, rather than genomic position in order to investigate the potential contribution of supercoiling gradients. In order to do this, data bins were assigned an orientation according to the transcriptional direction of annotated gene(s) spanning and/or starting/ending within the bin. Bins without any assigned orientation or assigned with both clockwise and counter-clockwise orientations (relative to genomic coordinate) were discarded (~2/3rds of bins). Subsequently, all bins with a counter-clockwise orientation were mirrored to correctly indicate position relative to transcription (Figure 3A). Besides the orientation dependency, supercoiling is further related to the expressional strength. To further account for this, bins were divided into five percentiles of equal size according to their expressional strength (Figure 3B).
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FIGURE 3. (A) Simplified data mutation overview. The distance variable of the CPED-profiles is converted to distance relative to transcription orientation of the bin, rather than being relative to the genomic position. Notice how the named bins change order upon mirroring, negating the original distance. (B) Data subsets relative to expression strength and orientation, for region 800–1,050 kbp, shown in Figure 2. Notice no significant changes to the CPED-profiles when accounting for orientation (blue vs. green).


If the contribution of supercoiling gradients to the observed gene expression patterns is significant, the expected Pearson correlation of bins aligned to transcription orientation must be high downstream, relative to interval 0, whereas negative correlation is expected upstream. We do not observe an increase in co-expression upstream of direction of transcription-oriented bins compared to non-orientated data for the region or the entire genome. The lack of changes to co-expression relative to orientation of transcription suggests that transcription-induced supercoiling gradients are relieved instantly, possibly through DNA gyrase or Topoisomerase IV (Sharma and Mondragón, 1995; Schvartzman et al., 2013). This is in accordance with observations that supercoiling gradients lack during exponential phase where the nucleoid is condensed (Lal et al., 2016). The periodic pattern within the region 800–1,050 kbp is present when accounting for orientation, indicating that transcription-induced supercoiling is not the direct mechanism behind the observed patterns (Supplementary Figure S3). The exclusion of transcription-induced supercoiling is further supported by previous observations that the influence of supercoiling generated gradients decrease over distances of roughly 10 kbp, and that it has limited propagation outside domains of 10 kbp size as well (Postow et al., 2004; Sobetzko, 2016). When accounting for expression strength, the pattern amplitudes and frequencies however seem to vary, but due to the high amount of noise it is difficult to conclude any relation to expression strength (Supplementary Figure S3).

Having investigated structural mechanisms, which could explain the observed patterns in co-expression, we turn to another well-described mechanism behind co-expression, namely TFs modulating transcription of target-genes in bulk.



Patterns in Co-expression Are Independent of Association With Transcription Modulating Proteins

Co-expressional patterns between distantly positioned genes on the genome have historically been attributed to TFs. These are proteins that modulate transcription through association to specific motifs and/or DNA structures (Djordjevic, 2013). TFs commonly modulate groups of genes associated with distinct environmental cues. An example is fumarate and nitrate reduction regulatory protein (FNR) that mediates transition from aerobic to anaerobic conditions by inducing genes related to anaerobic metabolism, and inhibits genes related to aerobic metabolism (Salmon et al., 2003; Kang et al., 2005; Myers et al., 2013). In this section, we also consider SFs, which are proteins that mediate selective promoter recognition by the RNAP and thereby modulate transcription as well (Saecker et al., 2011; Svetlov and Nudler, 2013; Duzdevich et al., 2014). In addition, the NAPs, which confer genome structuring, are considered gene-regulatory proteins since they often have a major impact on the transcription profile (Dillon and Dorman, 2010). Thus, in the following paragraph, the term TF includes both NAPs and SFs.

To investigate the relation between high co-expression and proximity known regulatory targets of the modulating proteins, we obtained information about TF regulates from RegulonDB (TF – gene interactions and Sigma – gene interactions Release: 10.7 Date: 05/04/2020; Huerta et al., 1998; Santos-Zavaleta et al., 2019).

The co-expression was compared between different bin subsets for each type of TF, respectively (see Figure 4 panel A for visual explanation). Co-expression of bins within 500 bp on either side of a regulatory target was considered as associated with binding sites (Termed At). These bins were compared to bins associated with mutated mock binding sites (Termed Between), created by moving real binding sites to positions between real sites in a clockwise manner. These were further compared to 100 randomly generated bin-subsets of equal size to the original binding site data (Termed Random), and mutated data where co-expression was computed for all bins without any association to the modulating protein in question (Termed Without).
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FIGURE 4. (A) Schematic overview of how different data subsets were created. All bins within 500 bp of nucleoid associated protein (NAP)/transcriptional factor (TF) regulatory site profiles (BS), were identified and the expressional correlation distributions was calculated for all BS-profiles individually (At). This was compared to mutated binding site profiles (between), random binding site profiles (random), and the overall distribution without the coefficients at binding sites (without). (B) Relation between protein binding and correlation coefficients. (B1): Distributions of correlation coefficients within subsets. All bins associated with binding (At, green circle), All bins exactly between bins with associated binding (between, red triangle), average distribution of 100 random (with N = N
At = N
Between) sets of bins (random, gray square), or total distribution between all bins NOT associated with binding (without, yellow line). (B2): Impact of excluding bins at binding sites for TFs/sigma factors (SFs)/NAPs with more than 20 binding sites within the 800–1,050 kbp region.


The expected outcome of TF mediated co-expression would be a higher averaged correlation for bins at regulatory targets compared to all other subsets. This is indeed observed for TF’s ArcA, Cra, FlhDC, FNR, IscR LexA, Lrp, ModE, NarL, NarP, OxyR, H-NS, Sigma 24, Sigma 32, Sigma 38, and Sigma 54, suggesting that bins associated with binding of these specific TFs are indeed co-regulated during the investigated growth phases, as expected. However, this approach only identifies genome-wide co-expression of bins and does not sufficiently account for the observed periodic patterns in co-expression observed locally.

To investigate the impact of TFs at the local genome scale, bins associated with TF regulation were excluded from the averaged CPED-profile. This way any impact on co-expression conferred by the TF would be eliminated, and a diminished pattern would be expected in the case of TF binding impacting the observed periodic patterns. Six of the 32 TFs investigated were associated with more than 20 bins (of 500 possible) within the specific region shown in Figure 4B2 and were chosen for analysis. None of the six TFs show major impact on the observed periodic pattern after exclusion of TF-associated bins. The lack of major changes to the periodicity, indicates that TF association is not the primary mechanism behind the observed patterns. Hence the patterns in co-expression might emerge through a less known, but perhaps fundamental mechanism, which depends solely on the spatial structure of the nucleoid. The lack of major changes when excluding NAPs does not exclude the possibility of their involvement in the observations through genome structuring; it does simply indicate that their regulatory impact is not significant for the periodicities in transcription.



Transcriptional Spilling, Expression Strength, and Correlation Pattern of Expression Change

The observed patterns in expressional change cannot be accounted for by expression modulation through protein binding (Figure 4), operon structure, or transcription induced supercoiling gradients, suggesting a more fundamental mechanism (Figure 5). This notion is further supported by observations of periodicities in correlation of expressional change and distance between positions of the genome in RNA-seq data (Figure 6C) from both S. sanguinis SK36 (Data from BioProject PRJNA381491 available at GEO database; El-Rami et al., 2018), and L. monocytogenes (Data from BioProject PRJNA270808 available at GEO database; Tang et al., 2015). We thus speculate that the mechanism is related to the fundamental parts of the transcriptional machinery and nucleoid structure.

RNAP searches for promoters in a three-dimensional Brownian diffusion, and binds stochastically onto accessible DNA stretches until a promoter matching the associated SF is recognized (Saecker et al., 2011; Wang et al., 2013). In a condensed DNA structure, distant genomic regions may be brought within close spatial proximity, enabling the RNAP to readily diffuse between regions, thus sharing the same local pool of RNAP. Gene induction will recruit RNAP and increase the local concentration, which in turn increases the transcription initiation rate of genes in close spatial proximity. This will effectively create co-expression (Figure 5) and is visible as condensed RNAP foci during optimal growth in E. coli, where especially the rRNA operons are spatially clustered (Cabrera and Jin, 2003).
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FIGURE 5. Simplified illustration of transcriptional spilling. Genes far from each other in the linear genome may be spatially close due to compaction of the genome. Gene induction leads to RNA polymerase (RNAP) recruitment, whereby the increase in local concentration of RNAP might spill onto spatially close genes increasing the chance of successful gene transcription initiation.


According to the transcriptional spilling hypothesis (Krogh et al., 2018), sharing an RNAP pool in an expanding nucleoid will cause the expression of all genes at the specific RNAP pool to drop at a similar rate. Given that the distance between the genes will increase, diluting the RNAP pool and reduce the chance of transcription initiation, and vice versa in a condensing nucleoid. This will cause spatially close genes to exhibit high correlation in pairwise expression over the cause of datasets where the nucleoid structure is modulated. If the change in distance occurs faster than the sampling rate, the pattern would be less obvious due to more noise originating from stress induction. However, if the structural changes are slowly induced within regularly structured DNA-regions, the mechanism would effectively be observable as periodic co-expressional patterns relative to distance.

If the observed sinusoidal patterns in expressional correlation are related to nucleoid structure, we hypothesize that they should match existing observations of the topology of the bacterial nucleoid. Furthermore, periodic patterns should be observable within all biological systems with nucleotide macromolecules. To test this hypothesis, the relation between DNA-DNA interaction frequencies and correlation of pairwise expression of genomic positions was investigated. The spatial proximity of DNA was determined through Chromosomal Conformation Capture (3C) data of E. coli during exponential growth phase, since the nucleoid is condensed during this phase, from Lioy et al. (2018). RNA-seq data was binned into 5,000 bp sized genomic bins, to match the structure of the 3C data. The correlation of pairwise expression between all unique bin pairs were computed and grouped according to the spatial proximity of the pair, respectively. Figure 6B shows the relation between spatial proximity of bins and their respective level of correlation in pairwise expression. Any relation between bins within +/−20 k bp of each other relative to genomic position was excluded to eliminate co-expression from operons and transcription-induced supercoiling gradients.

[image: Figure 6]

FIGURE 6. (A) Theoretical relation between DNA-DNA interaction frequencies and correlation of expression change between bins. If a local pool of RNAP is shared between spatially close genes, any changes to this pool will result in a coordinated response of the genes within the pool. (B) DNA-DNA Interaction relative to pairwise expression correlation (bin size 5 kbp), for DNA-DNA interactions of bins with a linear distance of more than 20 kbps. Violin-plots showing the distribution of expressional correlation for genomic positions grouped in eight distributions of inequal size according to increasing DNA-DNA interaction, with lower and upper quantiles and cross at mean (green distributions). Red dots at mean +/− confidence interval (95%) for expressional correlation grouped in 21 unequal-sized groups based on DNA-DNA. Stars indicate significance of distribution means being equal to the distribution with the lowest DNA-DNA interaction (****p < 0.00005 using a pair-wise Wilcoxon test, adjusting for multiple testing using Bonferroni, most were at p < 2e−16). (C) Averaged CPED-profiles showing mean and 95% confidence interval for true mean for data retrieved from NCBI GEO, mapped and analyzed locally. Gray dashed line indicates averaged CPED-profile for the entire genome. Blue solid line indicates averaged CPED-profile for the specific local regions as indicated in subtitle. Left panel: Data from BioProject PRJNA270808 (Tang et al., 2015), showing periodic patterns of ~23 kbp, within region 775–1,025 kbp of the Gram-positive Listeria monocytogenes. Right panel: Data from BioProject PRJNA381491 (El-Rami et al., 2018), showing periodic patterns of ~25 kbp, within region 2000–2,250 kbp of the Gram-positive Streptococcus sanguinis SK36.


The analysis shows a genome-wide increase in correlation of pairwise expression relative to the level of measured DNA-DNA interaction. That is, the more spatially close bins are, the more they correlate in pairwise expression. This indicates that bins in spatial proximity tend to change expression levels in a coordinated manner. The observation of similar patterns in distantly related species underlines the possibility of a fundamental mechanism, related to basic systems present in most if not all living systems. It further reduces the risk of observations being an experimental bias, and to the best of our knowledge no technical bias exists in RNA-seq analysis that could cause periodic patterns in co-expression.




DISCUSSION AND OUTLOOK

In this study, sinusoidal patterns of correlation of pairwise expression, co-expression, with respect to genomic distance were observed in RNA-seq data. The estimated frequencies of the sinusoidal patterns were not explainable by operon structure or transcription-induced supercoiling. Furthermore, no apparent effect of most common TFs, nucleoid associated proteins, or SFs was observed.

This led to the hypothesis that the observed patterns are due to supercoiled macro structures (of more than 20 kbps, excluding immediate transcription-induced supercoiling gradients). These structures lead to spatial clusters of genes, which are distant with respect to the linear genomic sequence, but proximal in space. Such spatial clusters could potentially share RNAP pools, in which induction of genes might increase the local concentration of RNAP and thus induce the expression of other genes in spatial proximity. Underlined by the observed link between correlation of pairwise expression and DNA-DNA interaction frequencies (Figure 6). We hypothesize that spatial positioning of genes in the three-dimensional structure of the nucleoid, possible through NAPs, plays a significant role in the regulation of gene expression via RNAP, due to transcriptional spilling.

The size of a regular sinusoidal DNA structure with 20 kpb loops would be able to go around an averaged sized E. coli cell, hence we do not propose a strict sinusoidal DNA structure of the regions with patterns. But rather local flowerlike plectonemic structures, were bins at specific distances are anchored together, with long stretches of less structured DNA in between (Krogh et al., 2018). Given a length of an E. coli cell during exponential growth is ~2–3 μm, with a genome size of ~4.6 mbp. The length of 1 bp DNA is ~3.4 Å (340 pm), making the genome ~1.564 μm long, or 500–800 times the length of the typical E. coli cell. A circular stretch of 20 kbp DNA would be ~6.8 μm in circumference, with a diameter of ~2.1 μm.

In the light of recent findings showing an inconsistency between regulatory TF networks and gene co-expression, there is a gap in the understanding of how cells adapt co-expression in changing environments (Larsen et al., 2019).

A plethora of mechanisms interact and interfere with transcription of genes within complex organisms such as a bacterium. Here, DNA-structure dependent transcriptional spilling might provide an explanation for observations that do not fit in the existing paradigm of transcription regulation. Central to environmental adaption and proliferation are changes to the nucleoid structure and expressional profile of prokaryotes (Dillon and Dorman, 2010). In this perspective a fundamental regulatory mechanism utilizing structure could represent a primordial way of handling stress for DNA based organisms. Perhaps transcriptional spilling is an original simple regulatory mechanism used before more advance regulatory circuits developed, but after structural proteins such as NAPs evolved. The impact of DNA-structure on regulation of transcription is further underlined by the effect spatial distance between genes encoding TFs and the corresponding regulatory gene targets have (Pulkkinen and Metzler, 2013).

By extension, if genes are positioned in an organized manner according to expression change, it potentiates the impact location will have on insertion of synthetic DNA into the chromosome. Indeed, position-specific effects on expression of chromosomal inserted synthetic DNA have been observed (Bryant et al., 2014; Sauer et al., 2016; Scholz et al., 2019). With up to 1.000-fold differences in expression based on genomic position, it is critical to assess the insertion of synthetic DNA, and transcriptional spilling may be an important mechanism to consider. This is further supported by reduced transferability of highly expressed genes and observed proportional relation between DNA-DNA contact frequencies and transcriptional level, which suggest that highly transcribed genes have a high degree of spatial organization (Park and Zhang, 2012; Lioy et al., 2018). Highly expressed genes would exert increased constrain on the conservation of the spatial structure, since high expression yields high spilling, and thus any uncontrolled spilling could cause unwanted gene induction. This is in line with experimental data, which show a good correlation between transcription activity and stability of looped DNA domains (Dillon and Dorman, 2010).

In an evolutionary perspective, the investigation of patterns in co-expression and genomic position may unveil evolutionary forces driving optimal gene insertion and deletion. Forces dependent on the organization and conservation of distances between genes and further explain the conservation of seemingly non-sense DNA such as pseudo‐ and phantom-genes. Such genes account for ~5% of the total gene pool (225 genes; Rogozin, 2002; Keseler et al., 2013; Goodhead and Darby, 2015). These genes may act as structural elements that help the cell adjust local transcriptional spilling, both reducing unwanted spilling by acting as inactive DNA-element without recruitment of RNAP or vice versa.

It may also explain why deletion of cryptic prophage elements in E. coli leads to decrease in resistance to osmotic stress and antibiotics (Wang et al., 2010). If transcriptional spilling significantly influences the expressional profiles of genes it might play an important role in nucleoid structure as an evolutionary driving force. Since integration of foreign DNA, that is not optimal with regards to transcriptional spilling, might influence the ability of quick adaption to changing environments and general proliferation.

Transcriptional spilling would be another constraint that should be considered when investigating chromosomal structural evolution. In addition, this may have implications for expression of recombinant proteins via chromosomal insertions and may also apply to large plasmids. Especially in an evolutionary timeframe or productional framework, it could have implications in adaption and productional output. Therefore, the mechanism is highly relevant for understanding basic prokaryotic and archaic genome evolution and for optimization of cell-lines used in synthetic biology.
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The strict control of bacterial cell proliferation by proteolysis is vital to coordinate cell cycle processes and to adapt to environmental changes. ATP-dependent proteases of the AAA + family are molecular machineries that contribute to cellular proteostasis. Their activity is important to control the level of various proteins, including those that are essential for the regulation of DNA replication. Since the process of proteolysis is irreversible, the protease activity must be tightly regulated and directed toward a specific substrate at the exact time and space in a cell. In our mini review, we discuss the impact of phosphate-containing molecules like DNA and inorganic polyphosphate (PolyP), accumulated during stress, on protease activities. We describe how the directed proteolysis of essential replication proteins contributes to the regulation of DNA replication under normal and stress conditions in bacteria.
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INTRODUCTION

Several mechanisms responsible for the control of DNA replication in bacteria were described (Zakrzewska-Czerwińska et al., 2007). Most of those mechanisms aim at decreasing the availability of active replication protein, e.g., by regulating the transcription (Gora et al., 2013), spatial sequestration (Iniesta et al., 2006), or protein inactivation (Kurokawa et al., 1999). It was shown that particular bacterial proteases are involved in the proteolysis of replication proteins and proteins associated with the process of DNA replication (Wickner et al., 1994; Pierechod et al., 2009; Kubik et al., 2012; Karlowicz et al., 2017). The major proteases in bacteria belong to the family of ATPases associated with diverse cellular activities (AAA +). In Escherichia coli, there are four cytosolic proteases (i.e., ClpXP, ClpAP, HslUV, and Lon) (Gottesman, 2003). Bacterial AAA + proteases function efficiently under different growth conditions participating in regulation of several cellular processes. For instance, the intracellular levels of the HslUV protease are increased under heat-shock conditions when it has the maximum substrate degradation rate (Burton et al., 2005). In addition to HslUV functions under thermal stress, this protease plays an important role in SOS response caused by DNA damage (Khattar, 1997) and in response to acidic stress (Kannan et al., 2008). ClpXP participates in the response to starvation (Schweder et al., 1996), heat shock, and oxidative stress (Frees et al., 2003). Similarly, ClpAP protease is responsible for the control of regulatory pathways in bacteria and response to proteotoxic stress caused by pH downshift or high temperature (Jenal and Hengge-Aronis, 2003). Lon protease contributes to genome maintenance during stress (e.g., heat shock or nutrient depletion) by regulating DNA replication (Nicoloff et al., 2007; Jonas et al., 2013; Leslie et al., 2015; Gross and Konieczny, 2020). Furthermore, LonA protease is involved in the tolerance of Actinobacillus pleuropneumoniae to osmotic or oxidative stress (Xie et al., 2016). Since proteolysis is irreversible, it must be induced at particular conditions and target specific proteins in a tightly controlled manner. Bacterial AAA + proteases are regulated temporally (Goff and Goldberg, 1987; Jonas et al., 2013), spatially (Simmons et al., 2008), and structurally (Jonas et al., 2013) and by interaction with ligand or adaptors (Goldberg et al., 1980; Wah et al., 2002; Martin et al., 2008; Puri, 2016). Proteases interact with various phosphate-containing molecules including membrane components [e.g., lipopolysaccharide (LPS) (Sugiyama et al., 2013) and cardiolipin (CL) (Minami et al., 2011)], stress-induced factors [e.g., guanosine tetraphosphate ((p)ppGpp) (Osbourne et al., 2014) and inorganic polyphosphate (PolyP) (Kuroda, 2006)], ATP (Charette et al., 1981), and ADP (Waxman and Goldberg, 1985) as well as with DNA (Zehnbauer et al., 1981; Zylicz et al., 1998; Kubik et al., 2012). The protease binding to phosphate-containing molecules may change protease localization, ATPase activity, or substrate specificity, thereby modulating its proteolytic activity (Kubik et al., 2012; Karlowicz et al., 2017; Gross and Konieczny, 2020).



THE IMPACT OF DNA BINDING ON PROTEASE ACTIVITY

In Escherichia coli, only Lon and ClpAP, but not ClpXP or HslUV, interact with DNA (Kubik et al., 2012). Interaction of Lon with nucleic acid is a conserved property among species (Zehnbauer et al., 1981; Fu and Markovitz, 1998; Lee et al., 2004; Lu et al., 2003). It was demonstrated that the α subdomain in the AAA + module of Brevibacillus thermoruber Lon is involved in DNA binding (Lee et al., 2004, 2014; Lin et al., 2009). In various organisms, Lon has different preference for the type of DNA with which it forms a complex. E. coli Lon binds to double-stranded DNA (dsDNA) in a sequence-non-specific manner (Charette et al., 1984; Nomura et al., 2004). On the contrary, eukaryotic proteases bind single-stranded DNA (ssDNA) or RNA (Fu and Markovitz, 1998; Lu et al., 2003; Liu et al., 2004). Bacillus subtilis LonA is present in the nucleoid under normal growth conditions, while ClpXP is present in cytosol (Simmons et al., 2008). During spore development, LonA changes its localization to the forespore (Simmons et al., 2008). Under heat shock, LonA remains bound to the nucleoid (Simmons et al., 2008). Yet in E. coli when temperature is increased, Lon loses its ability to bind DNA in vitro, although ATP-dependent proteolytic activity is retained (Sonezaki et al., 1995). It is proposed that the Lon presence within the nucleoid allows for the degradation of DNA-associated proteins involved in DNA metabolism. The protease dissociation from DNA upon stress-related factors may provide rapid adaptive mechanism to hamper Lon activity toward specific proteins (Sonezaki et al., 1995).

The interaction of DNA with Lon stimulates its ATPase activity (Charette et al., 1984). At the surface of E. coli Lon ATPase domain, there are located positively charged residues, which are responsible for direct interaction with DNA (Karlowicz et al., 2017). The presence of DNA in a reaction mixture containing Lon and substrate protein enhances protease activity to hydrolyze ATP (Karlowicz et al., 2017). The ATPase activity of Lon mutant defective in DNA interaction is not increased in the presence of substrate and DNA. Hence, it is the direct DNA–Lon interaction that stimulates protease ATPase activity (Karlowicz et al., 2017). It was also demonstrated that Lon nucleoprotein complex formation is essential for the proteolysis of DNA-interacting substrates, but not other substrates (Karlowicz et al., 2017).

The ClpAP proteolysis of DNA-binding substrates is also stimulated by DNA. For example, ParD protein, the component of toxin–antitoxin system of RK2 plasmid (Kubik et al., 2012; Dubiel et al., 2018) is degraded by ClpAP in a DNA-dependent manner (Dubiel et al., 2018). In vitro experiments suggest that it is the protease—DNA interaction, but not substrate–DNA interaction, that contributes to the enhanced proteolysis. Although E. coli ClpXP and HslUV do not form nucleoprotein complexes, the addition of DNA to the in vitro reaction mixture affects the proteolysis of particular substrates (Kubik et al., 2012). As opposed to Lon and ClpAP, the process of proteolysis is inhibited by DNA. This may be explained by the ability of substrates to interact directly with DNA, thus hampering their proteolysis.



THE IMPACT OF POLYPHOSPHATE BINDING ON PROTEASE ACTIVITY

When bacteria encounter stress such as amino acid starvation or oxidative stress, they accumulate inorganic PolyP, which forms granular superstructures and contributes to cell survival (Kuroda et al., 2001). The production of PolyP was initially correlated with the synthesis of second messenger stress molecule, (p)ppGpp, which was shown to inhibit the activity of exopolyphosphatase (PPX), thereby enabling uncontrolled production of PolyP by PolyP kinase (PPK) (Kuroda et al., 1997; Magnusson et al., 2005; Traxler et al., 2008; Rao et al., 2009). Ppk mutants fail to survive in stationary phase and are less resistant to heat or oxidants (Crooke et al., 1994; Rao and Kornberg, 1996). Recent data argue that (p)ppGpp is not required for PolyP synthesis and that transcription factor DksA contributes to the control of PolyP level instead (Gray, 2019). In Caulobacter crescentus, PolyP has been shown to be involved in the regulation of DNA replication during carbon starvation (Boutte et al., 2012). During nitrogen starvation in Pseudomonas aeruginosa, PolyP granule biogenesis is temporally and functionally tied to cell cycle exit indicated by the inhibition of reinitiation of DNA replication, completion of open rounds of DNA replication, segregation of daughter chromosomes, and septation (Racki et al., 2017). PolyP interacts with Escherichia coli Lon via ATPase domain (Nomura et al., 2004), as in the case of DNA (Karlowicz et al., 2017), which implies that both phosphate-containing molecules can compete for Lon binding. Indeed, the equimolar concentration of PolyP was shown to disrupt the Lon–DNA complex (Nomura et al., 2004) and Lon colocalization with nucleoid (Zhao et al., 2008). Lon loses DNA-binding ability when cells are exposed to heat-shock conditions, which is directly linked to an increase in the amount of damaged proteins (Sonezaki et al., 1995). During starvation, Lon is associated with PolyP granules (Kuroda, 2006). PolyP stimulates Lon to proteolyze ribosomal proteins such as L1, L3, and L24 but inhibits proteolysis of SulA protein (an inhibitor of cell division accumulated in response to DNA damage) (Nomura et al., 2004). When Lon is pre-incubated with PolyP, the proteolysis of L24 ribosomal protein is the most efficient (Nomura et al., 2004). Not all PolyP-interacting proteins are degraded by Lon, but all proteins degraded by Lon in a PolyP-dependent manner do form a complex with PolyP (Kuroda, 2006).

Although a complex of protease with PolyP and its general role was uncovered almost two decades ago, we still lack the full mechanistic and physiological insight into this complex formation. To date, no data are available on how/if PolyP affects other proteases in bacterial cells.



THE PROTEOLYSIS OF REPLICATION PROTEINS AND PROTEINS ASSOCIATED WITH DNA REPLICATION

Not only proteases but also their substrate can interact with DNA or PolyP. Depending on the substrate, the process of proteolysis is specifically controlled and fine-tuned (Table 1). Here, we discuss the proteolysis of selected replication factors and how it affects cell survival.


TABLE 1. Comparison of degradation conditions of replication proteins and proteins associated with DNA replication.
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Replication Initiators

The replication initiation proteins are the prerequisite factors responsible for initiating DNA replication in various replicons; thus, their degradation allows for rapid arrest of DNA replication. The DnaA, a highly conserved replication initiation protein in bacteria, is an obvious target for cellular proteases. In Caulobacter crescentus, DnaA protein is degraded mainly by Lon, under optimal and stress conditions (Gorbatyuk and Marczynski, 2005; Jonas et al., 2013; Leslie et al., 2015; Liu et al., 2016). It was demonstrated that the DnaA intracellular levels depend on a reduction in DnaA synthesis and fast degradation by the Lon protease. Constitutively, ATP-bound DnaA mutant was shown to be degraded more slowly than wild-type (wt) protein, indicating that degradation of DnaA is linked to DnaA activity or DnaA nucleotide bound state (Liu et al., 2016). Under proteotoxic stress, DnaA is degraded as a result of allosteric activation of Lon by accumulated unfolded substrates and increase in Lon intracellular concentration (Jonas et al., 2013; Figure 1A). Under normal growth conditions, C. crescentus DnaA is proteolyzed at the end of S-phase to ensure that only newly synthesized DnaA is available at the start of each replication round (Jenal, 2009). The overexpression of ClpA in lon-depleted strain restores DnaA degradation, indicating that fail-safe systems are present (Liu et al., 2016).
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FIGURE 1. Factors stimulating Lon-dependent proteolysis of replication initiators in Caulobacter crescentus and Escherichia coli during stress or normal growth conditions. (A) In C. crescentus in heat-shock conditions, unfolded substrate accumulation stimulate Lon protease for DnaA degradation, which results in inhibition of DNA replication initiation. (B) In E. coli cells during amino acid starvation, PolyP-induced DnaA proteolysis (PDAP) is launched. PolyP activates Lon protease to degrade DnaA, thereby resulting in the decreasing DnaA level and, consequently, DNA replication initiation arrest. (C) Under normal growth conditions, plasmid replication initiation protein (Rep) degradation by Lon is induced by nucleoprotein complex formation. The protease and substrate interaction with DNA is crucial for efficient degradation. No data are available about Rep proteins stability in stress conditions.


The regulatory mechanism that controls DNA replication in Escherichia coli by directed proteolysis of replication initiator was termed PolyP-induced DnaA proteolysis (PDAP) (Gross and Konieczny, 2020; Figure 1B). In E. coli cells during amino acid starvation, PolyP induces Lon activity to specifically degrade, DnaA when bound to ADP, but not ATP. When PolyP-synthesizing enzyme (PPK) or Lon protease is depleted in E. coli during stress, DnaA level remains high. Also, the level of DnaA protein variant permanently bound to ATP does not change in stress conditions (Gross and Konieczny, 2020). Both in vivo and in vitro data indicate that when DnaA is converted to ADP-bound form, it is degraded by Lon (Gross and Konieczny, 2020). PolyP interacts with DnaA-ADP, but not DnaA-ATP, which provides an explanation on how Lon targets only DnaA-ADP for proteolysis. In starvation, as a result of an increase in Lon level and Lon activation by PolyP, the overall DnaA concentration decreases, which leads to the inhibition of DNA replication initiation (Gross and Konieczny, 2020). Since in E. coli (Gross and Konieczny, 2020) and in C. crescentus (Liu et al., 2016) DnaA protein degradation depends on its nucleotide state, it may be crucial for the control of DNA replication. Such possibility is discussed in a recent review on the regulation of Caulobacter DnaA (Felletti et al., 2019). It was also shown that in stress in E. coli, ppGpp affects RNA polymerase activity and thereby superhelicity of replication origin, which leads to DNA replication initiation inhibition (Kraemer et al., 2019). Because ppGpp is not required for PolyP synthesis in E. coli (Crooke et al., 1994), it is very likely that the regulations by ppGpp (Kraemer et al., 2019) and PDAP (Gross and Konieczny, 2020) are independent mechanisms responsible for controlling DNA replication initiation during stress in E. coli.

DnaA participates in the replication initiation of many plasmids, which implies that the replication of plasmid and chromosome in one cell may be coordinately regulated by the inducible degradation of DnaA during stress conditions. This possibility requires to be investigated. It was shown that stability of plasmid DNA is decreased in E. coli protease-deficient mutants (Bury et al., 2017; Dubiel et al., 2018). Plasmid-encoded replication initiators (Rep), e.g., RK2 plasmid TrfA protein, are degraded by Lon and other cytosolic proteases (Wojtkowiak et al., 1993; Wickner et al., 1994; Levchenko et al., 1995; Pierechod et al., 2009; Kubik et al., 2012). The selective proteases activity may affect Rep monomer/dimer ratio and therefore the ability of replication initiator to initiate plasmid DNA replication. DNA stimulates TrfA degradation by Lon (Figure 1C) and ClpAP but inhibits proteolysis by ClpXP and HslUV (Kubik et al., 2012). Similarly, binding of λO protein, i.e., replication initiator of bacteriophage Lambda, to oriλ DNA protects it from degradation by ClpXP (Zylicz et al., 1998). Despite replication initiation control by the Rep concentration and monomer/dimer ratio, the RK2 plasmid replication is also controlled by joining two DNA plasmid particles via TrfA to form handcuff complex, thereby preventing replication reinitiation. E. coli Lon disrupts the handcuff complex by proteolyzing TrfA (Bury et al., 2017).



CtrA

The response regulator CtrA in C. crescentus is another DNA-binding protein whose level is controlled by proteases. CtrA not only controls transcription of more than a hundred genes (Wojtkowiak et al., 1993) but also inhibits DNA replication initiation (Quon et al., 1996, 1998; Laub et al., 2002). For replication to occur, CtrA must be eliminated at the G1–S transition, and this is carried out by dephosphorylation (Jacobs et al., 2003) and ClpXP-mediated proteolysis (Jenal and Fuchs, 1998). Under nutritional stress, CtrA proteolysis is inhibited by ppGpp and PolyP accumulation (Boutte et al., 2012). The proteolysis of CtrA is carried out by ClpXP only when both proteins are localized in the cell pole (Iniesta et al., 2006). This process occurs in the presence of accessory proteins, i.e., CpdR, RcdA, PopA, and cyclic diguanylate (cdG), which accelerate CtrA degradation in vitro. Those accessory proteins are also essential for proteolysis of CtrA bound to DNA (Smith et al., 2014).



CcrM

In order to complete cell division, the chromosome needs to be fully methylated by the CcrM DNA methyltransferase. This methyltransferase CcrM is proteolyzed by Lon to restrict CcrM to most of the cell cycle that prolongs the hemimethylation state of chromosomal DNA during DNA synthesis in C. crescentus (Wright et al., 1996). The ccrM gene transcription is regulated by a positive global regulator CtrA, and the CcrM protein is constitutively degraded by Lon (Wright et al., 1996). Not only DNA was shown to stimulate Lon-mediated proteolysis of CcrM but also CcrM has 10-fold higher affinity for Lon in the presence of DNA, when compared with CcrM to Lon alone (Zhou et al., 2019). The C-terminus of CcrM binds DNA and is recognized by Lon (Zhou et al., 2019). Lon interaction with DNA is not crucial for CcrM proteolysis because CcrM degradation is still observed in cells expressing Lon mutant defective in DNA binding (Zeinert et al., 2018). Therefore, the CcrM level and correct completion of cell cycle depend on the balance between the synthesis and proteolysis of CcrM. CcrM degradation by Lon can also affect the dNTP production in a cell. In Δlon strains, an increase in the ribonucleotide reductase (RNR) expression level is observed, which is driven by stabilization of the transcription factor CcrM (Zeinert et al., 2020).



Integration Host Factor

The integration host factor (IHF) (Nomura et al., 2004) is a histone-like protein responsible for modulation of the DNA condensation (Pettijohn, 1988). IHF is a HimA/HimD heterodimer, which interacts with DNA through specific binding sequence (IBS, IHF binding sequence) and bends DNA in the structure of oriC, thus facilitating the process of replication initiation in E. coli (Ozaki and Katayama, 2012). IHF also participates in regulating the nucleotide state of DnaA. IHF dimers bound to datA sequence promote DnaA-ATP hydrolysis in the DDAH system, thus increasing the pool of DnaA-ADP to prevent overinitiation (Kasho and Katayama, 2013). Moreover, IHF, together with Fis, binds to DARS2 sequence and participates in DnaA-ATP regeneration, which is coupled to cell cycle and growth phase (Kasho et al., 2014). IHF interacts with PolyP (Kornberg, 1995), and its level is regulated by Lon in a PolyP-dependent manner (Nomura et al., 2004). The IHF oligomeric state has an impact on this process. HimA degradation is dependent on PolyP and Lon, as opposed to HimD. When both monomers formed heterodimers, neither HimA nor HimD is degraded (Nomura et al., 2004). This suggests that either Lon recognition for HimA is buried at the interface of monomers within heterodimer or a significant structural rearrangement occurs upon dimerization.



CspD

Upon entry into the stationary phase in E. coli, CspD is expressed and acts as an inhibitor of replication (Yamanaka and Inouye, 1997). Expression of CspD was shown to be activated by (p)ppGpp (Yamanaka and Inouye, 1997). This allows for the adaptation to nutritional changes. CspD was found to be related to persister cell formation (Kim and Wood, 2010). Cellular level of CspD is regulated in response to growth phase and growth rate by proteolysis. Using electron microscopy (EM), it was shown that CspD condenses ssDNA; however, those nucleoprotein complexes are distinct from the complex of single-stranded binding protein (SSB) with DNA (Yamanaka et al., 2001). When growth is resumed in nutrient-rich environment, CspD is degraded by Lon (Langklotz and Narberhaus, 2011). The proteolysis of CspD by Lon was reconstituted in vitro and did not require any additives, besides ATP, which indicates that during growth, unknown factors must regulate either Lon activity or CspD availability for degradation.



Dps

Known as the most abundant protein in a stationary phase in E. coli, Dps was shown to protect DNA during starvation and oxidative stress, by self-aggregation and DNA condensation (Almirón et al., 1992; Azam et al., 1999; Ceci et al., 2004; Frenkiel-Krispin et al., 2004; Melekhov et al., 2015). During DNA damage, Dps also interacts with DnaA in order to delay replication initiation and allow for DNA repair (Chodavarapu et al., 2008). ClpAP and ClpXP degrade Dps during the exponential phase, which leads to a significant reduction in Dps level (Ninnis et al., 2009). Considering the involvement of Dps in various important functions, its level must be tightly controlled.



SocB

Sliding clamp (a protein responsible for the replisome processivity in DNA replication) is inhibited by SocB, a component of SocB toxin–SocA antitoxin system in C. crescentus (Aakre et al., 2013). The SocB is unstable and constitutively proteolyzed by ClpXP in the presence of SocA. SocB interacts with sliding clamp and inhibits elongation of DNA replication, presumably by outcompeting other proteins from binding sliding clamp. The excessive sliding clamp occupation by SocB leads to premature collapse of replication fork and incomplete cell cycle (Aakre et al., 2013).



DnaX

For the sliding clamp to be loaded onto DNA, a clamp loader complex is required. In E. coli, this complex contains tau and gamma subunits, which are produced from the same gene, but gamma is shorter due to ribosomal frameshifting (Lee and Walker, 1987). In C. crescentus, which lacks a frameshifting site, ClpXP generates the shorter version, i.e., gamma subunit, which is necessary under normal growth conditions as well as for DNA damage tolerance (Vass and Chien, 2013).



CONCLUSION AND PERSPECTIVES

In this review, we highlight that directed proteolysis can be stimulated by protease interaction with phosphate-containing molecules such as DNA and PolyP. To date, no structural data are available on such complexes. This specific interaction affects protease activity and selectivity against substrates especially those important in regulation of DNA replication. The current knowledge indicates that among all cytosolic proteases, Lon plays the most important role in the regulation of DNA replication in bacterial cells. We propose that during normal growth, it is the nucleoid DNA that provides matrix for Lon and its substrate proteins. During stress, Lon binds to PolyP granules, thereby stimulating degradation of substrates, which also interact with PolyP in stress. The exact molecular mechanism for this activation remains to be elucidated and needs further validation. Application of the cutting-edge structural research, single-molecule experiments, and trapping approach (Aubin-Tam et al., 2011; Arends et al., 2018; Hu et al., 2018; Fei et al., 2020) should provide insight into the structure–function relationship of Lon, its substrates, adaptor proteins, and complexes with phosphate-containing molecules. Growing evidence indicates that proteolysis is crucial for virulence in many pathogens (Butler et al., 2006; Ingmer and Brøndsted, 2009; Willett et al., 2015). Understanding how directed proteolysis is regulated by phosphate-containing molecules will give insight into microbial stress responses and the regulation of DNA replication.
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Faithful DNA replication is crucial for viability of cells across all kingdoms. Targeting DNA replication is a viable strategy for inhibition of bacterial pathogens. Clostridioides difficile is an important enteropathogen that causes potentially fatal intestinal inflammation. Knowledge about DNA replication in this organism is limited and no data is available on the very first steps of DNA replication. Here, we use a combination of in silico predictions and in vitro experiments to demonstrate that C. difficile employs a bipartite origin of replication that shows DnaA-dependent melting at oriC2, located in the dnaA-dnaN intergenic region. Analysis of putative origins of replication in different clostridia suggests that the main features of the origin architecture are conserved. This study is the first to characterize aspects of the origin region of C. difficile and contributes to our understanding of the initiation of DNA replication in clostridia.
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INTRODUCTION

Clostridioides difficile (formerly Clostridium difficile) (Lawson et al., 2016) is a Gram-positive anaerobic bacterium. C. difficile infections (CDI) can occur in individuals with a disturbed microbiota and is one of the main causes of hospital associated diarrhea, but can also be found in the environment (Smits et al., 2016). The incidence of CDI has increased worldwide since the beginning of the century (Smits et al., 2016; Warriner et al., 2017). Consequently, the interest in the physiology of the bacterium has increased as a way to understand its interaction with the host and the environment and to explore news pathways for intervention (van Eijk et al., 2017; Crobach et al., 2018).

One such pathway is the replication of the chromosome. Overall, DNA replication is a highly conserved process across different kingdoms (O’Donnell et al., 2013; Bleichert et al., 2017). In all bacteria, DNA replication is a tightly regulated process that occurs with high fidelity and efficiency, and is essential for cell survival. The process involves many different proteins that are required for the replication process itself, or to regulate and aid replisome assembly and activity (Katayama et al., 2010; Murray and Koh, 2014; Chodavarapu and Kaguni, 2016; Jameson and Wilkinson, 2017; Schenk et al., 2017). Replication initiation and its regulation arguably are candidates for the search for novel therapeutic targets (Fossum et al., 2008; Grimwade and Leonard, 2017; van Eijk et al., 2017).

In most bacteria, replication of the chromosome starts with the assembly of the replisome at the origin of replication (oriC) and proceeds bidirectionally (Chodavarapu and Kaguni, 2016). In the majority of bacteria replication is initiated by the DnaA protein, an ATPase Associated with diverse cellular Activities (AAA+ protein) that binds specific sequences in the oriC region. The binding of DnaA induces DNA duplex unwinding, which subsequently drives the recruitment of other proteins, such as the replicative helicase, primase and DNA polymerase III proteins (Chodavarapu and Kaguni, 2016). Termination of replication eventually leads to disassembly of the replication complexes (Chodavarapu and Kaguni, 2016).

In C. difficile, knowledge on DNA replication is limited. Though many proteins appear to be conserved between well-characterized species and C. difficile, only certain replication proteins have been experimentally characterized for C. difficile (Torti et al., 2011; Briggs et al., 2012; van Eijk et al., 2016). DNA polymerase C (PolC, CD1305) of C. difficile has been studied in the context of drug-discovery and appears to have a conserved primary structure similar to other low-[G + C] gram-positive organisms (Torti et al., 2011). It is inhibited in vitro and in vivo by compounds that compete for binding with dGTP (van Eijk et al., 2019; Xu et al., 2019). Helicase (CD3657), essential for DNA duplex unwinding, was found to interact in an ATP-dependent manner with a helicase loader (CD3654) and loading was proposed to occur through a ring-maker mechanism (Davey and O’Donnell, 2003; van Eijk et al., 2016). However, in contrast to helicase of the Firmicute Bacillus subtilis, C. difficile helicase activity is dependent on activation by the primase protein (CD1454), as has also been described for Helicobacter pylori (Bazin et al., 2015; van Eijk et al., 2016). C. difficile helicase stimulates primase activity at the trinucleotide 5′d(CTA), but not at the preferred trinucleotide 5′-d(CCC) (van Eijk et al., 2016).

DnaA of C. difficile has not been studied to date. Although no full-length structure has been determined for DnaA, individual domains of the DnaA protein from different organisms have been characterized (Majka et al., 1997; Zawilak et al., 2003; Erzberger et al., 2006; Zawilak-Pawlik et al., 2017). DnaA proteins generally comprise four domains (Zawilak-Pawlik et al., 2017). Domain I is involved in protein-protein interactions and is responsible for DnaA oligomerization (Weigel et al., 1999; Abe et al., 2007; Natrajan et al., 2009; Jameson et al., 2014; Kim et al., 2017; Zawilak-Pawlik et al., 2017; Martin et al., 2018; Matthews and Simmons, 2019; Nowaczyk-Cieszewska et al., 2020). Little is known about a specific function of Domain II and this domain may even be absent (Erzberger et al., 2002). It is thought to be a flexible linker that promotes the proper conformation of the other DnaA domains (Abe et al., 2007; Nozaki and Ogawa, 2008). Domain III and Domain IV are responsible for the DNA binding. Domain III contains the AAA+ motif and is responsible for binding ATP, ADP and single-stranded DNA, as well as certain regulatory proteins (Kawakami et al., 2005; Cho et al., 2008; Ozaki et al., 2008; Ozaki and Katayama, 2012). Recent studies have also revealed the importance of this domain for binding phospholipids present in the bacterial membrane (Saxena et al., 2013). The C-terminal Domain IV contains a helix-turn-helix motif (HTH) and is responsible for the specific binding of DnaA to so called DnaA boxes (Blaesing et al., 2000; Erzberger et al., 2002; Fujikawa et al., 2003).

DnaA boxes are typically 9-mer non-palindromic DNA sequences, and the Escherichia coli DnaA box consensus sequence is TTWTNCACA (Schaper and Messer, 1995; Wolanski et al., 2014). The boxes can differ in their affinity for DnaA, and even demonstrate different dependencies on the ATP co-factor (Speck et al., 1999; Patel et al., 2017). Binding of Domain IV to the DnaA boxes promotes higher-order oligomerization of DnaA, forming a filament that wraps around DNA (Erzberger et al., 2006; Ozaki et al., 2012; Scholefield and Murray, 2013). It is thought that the interaction of the DnaA filament with the DNA helix introduces a bend in the DNA (Erzberger et al., 2006; Patel et al., 2017). The resulting superhelical torsion facilitates the melting of the adjacent [A + T]-rich DNA Unwinding Element (DUE) (Kowalski and Eddy, 1989; Erzberger et al., 2006; Zorman et al., 2012). Upon melting, the DUE provides the entry site for the replisomal proteins. Another conserved structural motif, a triplet repeat called DnaA-trio, is involved in the stabilization of the unwound region (Richardson et al., 2016, 2019).

The oriC region has been characterized for several bacterial species. These analyses show that oriC regions are quite diverse in sequence, length and even chromosomal location, all of which contribute to species-specific replication initiation requirements (Zawilak-Pawlik et al., 2005; Ekundayo and Bleichert, 2019). In Firmicutes, including C. difficile, the genomic context of the origin regions appears to be conserved and encompasses the rnpA-rpmH-dnaA-dnaN genes (Ogasawara and Yoshikawa, 1992; Briggs et al., 2012).

The oriC region can be continuous (i.e., located at a single chromosomal locus) or bipartite (Wolanski et al., 2014). Bipartite origins were initially identified in B. subtilis (Moriya et al., 1988) but more recently also in H. pylori (Donczew et al., 2012). The separated subregions of the bipartite origin, oriC1 and oriC2, are usually separated by the dnaA gene. Both oriC1 and oriC2 contain clusters of DnaA boxes, and one of the regions contains the DUE region. The DnaA protein binds to both subregions and places them in close proximity to each other, consequently looping out the dnaA gene (Krause et al., 1997; Donczew et al., 2012). In H. pylori, DnaA Domain I and II are important for maintaining the interactions between both oriC regions (Nowaczyk-Cieszewska et al., 2020).

In this study, we identified the putative oriC of C. difficile through in silico analysis and demonstrate DnaA-dependent unwinding of the oriC2 region in vitro. A clear conservation of the origin of replication organization is observed throughout the clostridia. The present study contributes to our understanding of clostridial DNA replication initiation in general, and replication initiation of C. difficile specifically.



MATERIALS AND METHODS


Sequence Alignments and Structure Modeling

Multiple sequence alignment of amino acid sequences was performed with Protein BLAST (blastP suite)1 for individual alignment scores and the PRALINE program2 (Bawono and Heringa, 2014) for multiple sequence alignment. Sequences were retrieved from the NCBI Reference Sequences. DnaA protein sequences from C. difficile 630Δerm (CEJ96502.1), C. acetobutylicum DSM 1731 (AEI33799.1), Bacillus subtilis 168 (NP_387882.1), Escherichia coli K-12 (AMH32311.1), Streptomyces coelicolor A3(2) (TYP16779.1), Mycobacterium tuberculosis RGTB327 (AFE14996.1), Helicobacter pylori J99 (Q9ZJ96.1) and Aquifex aeolicus (WP_010880157.1) were selected for alignment. Alignment was visualized in Jalview version 2.11, with coloring by percentage identity.

Secondary structure prediction and homology modeling were performed using Phyre23 (Kelley et al., 2015) using the intensive default settings. Phyre2 modeling of C. difficile 630Δerm DnaA (CEJ96502.1) was performed with 3 templates from A. aeolicus (PDB 2HCB, chain C), B. subtilis (PDB 4TPS, chain D) and E. coli (PDB 2E0G, chain A) and 21 residues were modeled ab initio. 95% of the residues were modeled with >90% confidence. Graphical representation was performed with the PyMOL Molecular Graphics System, Version 1.76.6. (Schrödinger, LLC).



Prediction of the C. difficile oriC

To identify the oriC region of C. difficile the genome sequence of C. difficile 630Δerm (GenBank accession no. LN614756.1) was analyzed through different software in a stepwise procedure (Mackiewicz et al., 2004).

The GenSkew Java Application4 was used with default settings for the analysis of the normal and the cumulative skew of two selectable nucleotides of the genomic nucleotide sequence [(G−C)/(G + C)]. Calculations where performed with a window size of 4293 bp and a step size of 4293 bp. The inflection values of the cumulative GC skew plot are indicative of the chromosomal origin (oriC) and terminus of replication (ter).

Prediction of superhelicity-dependent helically unstable DNA stretches (SIDDs) was performed in the vicinity of the inflection point of the GC-skew plot, in 2.0 kb fragments comprising intergenic regions from nucleotide position 4291795 to 745 (oriC1) and 466 to 2465 (oriC2) of the C. difficile 630Δerm chromosome. Prediction of the SIDDs in the different clostridia (Table 1) was performed in the vicinity of the inflection points of the GC-plot retrieved from DoriC 10.0 database5 (Luo and Gao, 2019), in 2.0 kb fragments comprising intergenic regions summarized in Table 1. The SIST program6 (Zhabinskaya et al., 2015) was used to predicted free energies G(x) by running the melting transition algorithm only (SIDD) with default values (copolymeric energetics; default: σ = −0.06; T = 37°C; x = 0.01 M) and with superhelical density σ = −0.04.


TABLE 1. Clostridia intergenic regions used for SIDD analysis.

[image: Table 1]We performed the identification of the DnaA box clusters by search of the motif TTWTNCACA with one mismatch (Supplementary Material) in the leading strand on a 4432 bp sequence between the nucleotide position 4291488 to 2870 of the C. difficile 630Δerm chromosome, using Pattern Locator7 (Mrazek and Xie, 2006). Identification of the DnaA boxes in the different clostridia was performed with the same pattern motif in the leading strand of the intergenic regions summarized in Table 1.

DnaA-trio sequences and ribosomal binding sites where manually predicted based on Richardson et al. (2016) and Vellanoweth and Rabinowitz (1992), respectively.

All output data was obtained as raw text files and further processed with Prism 8.3.1 (GraphPad, Inc., La Jolla, CA, United States) and CorelDRAW X7 (Corel).



Strains and Growth Conditions

Escherichia coli strains were grown aerobically at 37°C in lysogeny broth (LB, Affymetrix) supplemented with 15 μg/mL chloramphenicol or 50 μg/mL kanamycin when required. E. coli strains DH5α and MC1061 (Table 2) were used to maintain dnaA- and oriC-containing plasmids, respectively. E. coli strain MS3898, kindly provided by Alan Grossman (MIT, Cambridge, United States) (Table 2) was used for recombinant DnaA expression. E. coli transformation was performed using standard procedures (Sambrook et al., 1989). The growth was followed by monitoring the optical density at 600 nm (OD600).


TABLE 2. E. coli strains used in this study.
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Construction of the Plasmids

For overexpression of DnaA, the dnaA nucleotide sequence (CEJ96502.1) from C. difficile 630Δerm (GenBank accession no. LN614756.1) was amplified by PCR from C. difficile 630Δerm genomic DNA using primers oEVE-7 and oEVE-21 (Table 3). The PCR product was subsequently digested with NcoI and BglII. The vector pAV13 (Smits et al., 2011; Table 4), containing B. subtilis dnaA cloned in pQE60 (Qiagen) was kindly provided by Alan Grossman (MIT, Cambridge, MA, United States) and was digested with the same enzymes and ligated to the digested fragment to yield vector pEVE40 (Table 4).


TABLE 3. Oligonucleotides used in this study.
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TABLE 4. Plasmids used in this study.

[image: Table 4]To construct a plasmid carrying the complete predicted oriC, the predicted oriC region (nucleotide 4292150 to 1593 from C. difficile 630 GenBank accession no. LN614756.1) was amplified by PCR from C. difficile 630Δerm genomic DNA using primers oAP40 and oAP41 (Table 3). The PCR product was subsequently digested with EcoRI and PstI and ligated into pori1ori2 (Table 4), kindly provided by Anna Zawilak-Pawlik (Hirszfeld Institute of Immunology and Experimental Therapy, PAS, Wrocław, Poland), that was digested with the same enzymes, to yield vector pAP205 (Table 4).

For the cloning of the predicted oriC1 region (nucleotide 4292150 to 24 of C. difficile 630Δerm genomic DNA) the primer set oAP30/oAP31 (Table 3) was used. The amplified fragment was digested with EcoRI and PstI and inserted onto pori1ori2 digested with same enzymes, yielding vector pAP83 (Table 4). For the cloning of the predicted oriC2 region (nucleotide 1291 to the 1593 of C. difficile 630Δerm genomic DNA) the primer set oAP32/oAP33 (Table 3) was used. The amplified fragment was digested with EcoRI and PstI and inserted onto pori1ori2 (Table 4) digested with same enzymes, yielding vector pAP76 (Table 4).

All DNA sequences introduced into the cloning vectors were verified by Sanger sequencing. For oriC containing vectors primers oAP56 and oAP57 (Table 3) were used for sequencing.



Overproduction and Purification of DnaA-6xHis

Overexpression of DnaA-6xHis was carried out in E. coli strain CYB1002 (Table 2), harboring the expression plasmid pEVE40 (Table 4). Cells were grown in 800 mL LB and induced with 1 mM isopropyl-β-D-1-thiogalactopyranoside (IPTG) at an OD600 of 0.6 for 3 h. The cells were collected by centrifugation at 4°C and stored at −80°C. Cells were resuspended in Binding buffer (1X Phosphate buffer pH7.4, 10 mM Imidazole, 10% glycerol) lysed by French Press and collected in phenylmethylsulfonyl fluoride (PMSF) at 0.1 mM (end concentration). Separation of the soluble fraction was performed by centrifugation at 13000 × g at 4°C for 20 min. Purification of the protein from the soluble fraction was done in Binding buffer on a 1 mL HisTrap Column (GE Healthcare) according to manufacturer’s instructions. Elution was performed with Binding buffer in stepwise increasing concentrations of imidazole (20, 60, 100, 300, and 500 mM). DnaA-6xHis was mainly eluted at a concentration of imidazole equal to or greater than 300 mM.

Fractions containing the DnaA-6xHis protein were pooled together and applied to Amicon Ultra Centrifugal Filters with 30 kDa cutoff (Millipore). Buffer was exchanged to Buffer A (25 mM HEPES-KOH pH 7.5, 100 mM K-glutamate, 5 mM Mg-acetate, 10% glycerol). The concentrated DnaA-6xHis protein was subjected to size exclusion chromatography on an Äkta pure instrument (GE Healthcare). 200 μL of concentrated DnaA-6xHis was applied to a Superdex 200 Increase 10/30 column (GE Healthcare) in buffer A at a flow rate of 0.5 ml min–1. UV detection was done at 280 nm. The column was calibrated with a mixture of proteins of known molecular weights (Mw): thyroglobulin (669 kDa), Apoferritin (443 kDa), β-amylase (200 kDa), Albumin (66 kDa), and Carbonic anhydrase (29 kDa). Eluted fractions containing DnaA-6xHis of the expected molecular weight (51 kDa) were quantified and visualized by Coomassie. Pure fractions were aliquoted and stored at −80°C for further experiments.



Immunoblotting and Detection

For immunoblotting, proteins were separated on a 12% SDS-PAGE gel and transferred onto nitrocellulose membranes (Amersham), according to the manufacturer’s instructions. The membranes were probed in PBST (PBS pH 7.4, 0.05% (v/v) Tween-20) with a mouse anti-his antibody (1:3000, Invitrogen) and a secondary goat anti-mouse-HRP antibody (1:3000, DAKO) was used. The membranes were visualized using the chemiluminescence detection kit Clarity ECL Western Blotting Substrates (Bio-Rad) in an Alliance Q9 Advanced machine (Uvitec).



P1 Nuclease Assay

For the P1 nuclease assay, 100 ng pAP205 plasmid was incubated with increasing concentrations of DnaA-6xHis (0.14, 0.54, 1, and 6.3 μM), when required, in P1 buffer (25 mM Hepes-KOH (pH 7.6), 12% (v/v) glycerol, 1 mM CaCl2, 0.2 mM EDTA, 5 mM ATP, 0.1 mg/ml BSA), at 30°C for 12 min. 0.75 unit of P1 nuclease (Sigma), resuspended in 0.01 M sodium acetate (pH 7.6) was added to the reaction and incubated at 30°C for 5 min. 220 μl of buffer PB (Qiagen) was added and the fragments purified with the minElute PCR Purification Kit (Qiagen), according to manufacturer’s instructions. Digestion with BglII, NotI or ScaI (NEB) of the purified fragments was performed according to manufacturer’s instructions for 1 h at 37°C. Digested samples were resolved on 1% agarose gels in 0.5xTAE (40 mM Tris, 20 mM CH-COOH, 1 mM EDTA PH 8.0) and stained with 0.01 mg/mL ethidium bromide solution afterward. Visualization of the gels was performed on the Alliance Q9 Advanced machine (Uvitec). Images were processed in CorelDraw X7 software. For all experiments at least three independent replicates were performed with various concentrations of DnaA. To quantify the results, background-corrected band intensities were determined using ImageJ, values were normalized against the total signal in a lane in MS Excel, and plotted using GraphPad.



RESULTS


C. difficile DnaA Protein

Clostridioides difficile 630Δerm encodes a homolog of the bacterial replication initiator protein DnaA (GenBank: CEJ96502.1; CD630DERM_00010). Alignment of the full-length C. difficile DnaA amino acid sequence with selected DnaA homologs from other organisms demonstrates a sequence identity of 35 to 67%, with an even higher similarity (57 to 83%, Figure 1A). C. difficile DnaA displays a greater sequence identity between the low-[G + C] Firmicutes (>60%). When compared with the extensively studied DnaA proteins from E. coli and B. subtilis, the full-length protein has 43 and 62% identity, and a similarity of 63 and 78%, respectively (Figure 1A).
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FIGURE 1. C. difficile DnaA DNA-binding domain is conserved. (A) Multiple sequence alignment (PRALINE) of C. difficile DnaA with homologous proteins retrieved from GenBank. The amino acid sequences from C. difficile 630Δerm (CEJ96502.1), C. acetobutylicum DSM 1731 (AEI33799.1), B. subtilis 168 (NP_387882.1), E. coli K-12 (AMH32311.1), S. coelicolor A3(2) (TYP16779.1), M. tuberculosis RGTB327 (AFE14996.1), H. pylori J99 (Q9ZJ96.1) and Aquifex aeolicus (WP_010880157.1) were used. Residues are colored according to sequence identity conservation using blue shading (dark blue more conserved), as analyzed in Jalview. Secondary structure prediction (ss) is indicated, according to Phyre2 modeled structure. DnaA domains are represented, with the conserved AAA+ ATPase fold motifs Walker A, Walker B, VII box, sensor I and sensor II highlighted (WA, WB, I, VII, and II motifs), as well as the Domain IV helix-turn-helix (HTH). Residues involved in the base-specific recognition of the 9-mer DnaA box sequence are identified with an arrow. (B) Structural model of C. difficile DnaA determined by Phyre2. Domains are colored as in alignment. Both the N-terminus and the C-terminus are indicated in the figure. The DnaA Domain IV is enhanced (inset) with the DnaA-box binding specific residues represented in red sticks.


To assess the structural properties of C. difficile DnaA, we predicted the secondary structure and generated a model of the protein using Phyre2 (Kelley et al., 2015; Figure 1B). The predicted DnaA model is based on three DnaA structures from different organisms: A. aeolicus (residues 101 to 318 and 334 to 437) (Erzberger et al., 2006) for Domain III and IV, and B. subtilis (residues 2 to 79) (Jameson et al., 2014) and E. coli (residues 5 to 97) (Abe et al., 2007) for Domain I and II.

Domain I of DnaA mediates interactions with a diverse set of regulators, and is involved in DnaA oligomerization (Zawilak-Pawlik et al., 2017; Nowaczyk-Cieszewska et al., 2020). We observe limited homology of C. difficile DnaA Domain I with the equivalent domain of the selected organisms (Figure 1A), although the overall fold is clearly conserved (Figure 1B). Nevertheless, some residues (P45, F48) appear to be conserved in most of the selected organisms (Figure 1A), though no functional role for these residues is known. Potentially, these residues might be involved in protein-protein interactions or DnaA oligomerization, as these functions have been mapped to Domain I of DnaA (Weigel et al., 1999; Abe et al., 2007; Natrajan et al., 2009; Jameson et al., 2014; Kim et al., 2017; Zawilak-Pawlik et al., 2017; Martin et al., 2018; Matthews and Simmons, 2019; Nowaczyk-Cieszewska et al., 2020).

Domain II is a flexible linker that is possibly involved in aiding the proper conformation of the DnaA domains, and thus requires a minimal length for DnaA function in vivo (Nozaki and Ogawa, 2008). No clear sequence similarity is observed on Domain II and modeling of the C. difficile DnaA protein suggests a putative disordered nature of this domain (Figure 1).

Domain III is responsible for binding to the co-factors ATP and ADP, and is in conjunction with Domain IV essential for DNA binding (Kawakami et al., 2005; Ozaki et al., 2008; Ozaki and Katayama, 2012). Within Domain III we readily identified the Walker A and Walker B motifs (WA and WB in Figure 1A) of the AAA+ fold (residues 135–317), crucial for binding and hydrolyzing ATP. This domain is highly conserved among all the selected organisms (Figure 1A) and comprises a structural center of β-sheets (Figure 1B, pink domain). Other features of the AAA+ ATPase fold are present and conserved between the organisms, such as the sensor I and sensor II motifs required for the nucleotide binding (I and II, Figure 1A). The arginine finger motif (the equivalent of R285 of E. coli DnaA in the VII box), important for the ATP dependent activation of DnaA (Kawakami et al., 2005), is conserved in C. difficile DnaA as well (R256 in motif box VII; Figure 1A).

The C-terminal Domain IV of the DnaA protein (residues 317–439, Figure 1A), contains the HTH motif required for the specific binding to DnaA-boxes (Erzberger et al., 2002; Zawilak et al., 2003). Previous studies identified several residues involved in specific interactions with the DnaA boxes, that bind through hydrogen bonds and van der Waals contacts with thymines present in the DNA sequence (Blaesing et al., 2000; Fujikawa et al., 2003; Tsodikov and Biswas, 2011). The residues are conserved among all Firmicutes and E. coli, including the residues R371 (position R399 in E. coli), P395 (P423), D405 (D433), H406 (H434), T407 (T435), and H411 (H439), (Figure 1B inset, red residues) (Fujikawa et al., 2003). Structural modeling of C. difficile DnaA predicts these residues to be exposed, providing an interface for DNA binding (Figure 1B). Residues involved in base-specific recognition of the DnaA box sequence are conserved between the Firmicutes and E. coli (Figure 1A), suggesting that C. difficile DnaA is likely to recognize the consensus DnaA box TTWTNCACA (Schaper and Messer, 1995). Notably, with the exception of a single arginine, these residues are not conserved between C. difficile and Thermotoga maritima DnaA (Supplementary Figure S1). As the latter recognizes an extended 12-bp motif (Ozaki et al., 2006; Richardson et al., 2019), this provides additional support for the notion that C. difficile DnaA recognizes a classical 9-bp DnaA box. In addition, residues found to be involved in non-specific interactions with the phosphate backbone of the DNA (some of which contribute to sequence specificity) (Fujikawa et al., 2003; Tsodikov and Biswas, 2011) appear less conserved between the selected organisms (Figure 1A).



Expression and Purification of DnaA-6xHis

To allow for in vitro characterization of DnaA activity, we recombinantly expressed the C. difficile DnaA with a C-terminal 6xHis-tag in E. coli cells. To prevent the co-purification of C. difficile DnaA with host DnaA protein, E. coli strain CYB1002 was used (a kind gift of A. D. Grossman). This strain is a derivative of E. coli MS3898, that lacks the dnaA gene and replicates in a DnaA-independent fashion (Sutton and Kaguni, 1997). Induction of the DnaA-6xHis protein was confirmed by Coomassie staining and immunoblotting with anti-his antibody at the expected molecular weight of 51 kDa (Supplementary Figure S2A, red arrow). Upon overexpression of DnaA-6xHis, smaller fragments were observed, which accumulated with a prolonged time of expression (Supplementary Figure S2A), most likely corresponding to proteolytic fragments of the DnaA-6xHis protein.

Purification of the recombinant DnaA-6xHis showed a clear band at the expected size when eluted at 300 mM imidazole concentration, but several lower molecular size bands were observed (Supplementary Figure S2B). Therefore, the eluted fractions where further purified with size exclusion chromatography (SEC). This yielded a single product at the expected molecular weight of DnaA-6xHis, and its identity was confirmed by western-blot with anti-his antibody (Supplementary Figure S2C, red arrow). A minor band of lower molecular weight (approximately 38 kDa, < 1% of total protein) was observed (Supplementary Figure S2C, green asterisk), which may reflect some instability of the N-terminus of the DnaA-6xHis protein, as it appears to have retained the C-terminal 6xHis tag.



In silico Prediction of the oriC Region

To identify the oriC region and the elements that are part of it (DUE, DnaA-trio and DnaA boxes) we performed different prediction approaches in a stepwise procedure, as initially described (Mackiewicz et al., 2004).

We first analyzed the DNA asymmetry of the genome of C. difficile 630Δerm (GenBank accession no. LN614756.1) (van Eijk et al., 2015), by plotting the normalized difference of the complementary nucleotides (GC-skew plot) (Necsulea and Lobry, 2007). C. difficile 630Δerm has a circular genome of 4293049 bp and an average [G + C] content of 29.1%. We used the GenSkew Java Application8 for determining the chromosomal asymmetry. Asymmetry changes in a GC-skew plot can be used to predict the origin of replication region and the terminus region of bacterial genomes. Based on this analysis, the origin is predicted at approximately position 1 of the chromosome. The terminus location is predicted at approximately 2.18 Mbp from the origin region (Figure 2A). These results were confirmed when artificially reassigning the starting position of the chromosomal assembly (data not shown). The gene organization in the putative origin region is rnpA-rpmH-dnaA-dnaN (position 4291488 to 2870, Figure 2B), identical to the origin of B. subtilis (Ogasawara et al., 1985; Briggs et al., 2012), and therefore encompasses the dnaA gene (CD630DERM_00010).
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FIGURE 2. Prediction of the C. difficile origin of replication. (A) GC skew analysis of the C. difficile 630Δerm (LN614756.1) genome sequence. Normal GC skew analysis [(G – C)/(G + C)] performed on leading strand (blue line) and respective cumulative GC skew plot (red line). Calculations where performed with a window size of 4293 bp and a step size of 4293 bp. The origin (oriC) and terminus (ter) regions are indicated. (B) Representation of the predicted origin region and genomic context (from residues at position 4291488 to 2870 of the C. difficile 630Δerm chromosome). The rmpA, rpmH (blue arrow), dnaA (orange arrow) and dnaN (green arrow) genes are indicated. Putative origins in intergenic regions are represented oriC1 (rpmH-dnaA) and oriC2 (dnaA-dnaN). (C) SIDD analysis of 2.0 kb fragments comprising oriC1 (nucleotide 4291795 to 745) and oriC2 (nucleotide 466 to 2465). Predicted free energies G(x) for duplex destabilization at a superhelical density of σ = –0.06 (green) or σ = –0.04 (red).


We next used the SIST program (Zhabinskaya et al., 2015) to localize putative DUEs in the intergenic regions in the chromosomal region predicted to contain the oriC. Hereafter we refer to these regions as oriC1 (in the intergenic region of rpmH-dnaA) and oriC2 (in the intergenic region dnaA-dnaN), in line with nomenclature in other organisms (Ogasawara et al., 1985; Donczew et al., 2012; Figure 3B). SIST identifies helically unstable AT-rich DNA stretches (Stress-Induced Duplex Destabilization regions; SIDDs) (Donczew et al., 2012; Zhabinskaya et al., 2015). In regions with a lower free energy (G(x) < y kcal/mol) the double-stranded helix has a high probability to become single-stranded DNA. With increasing negative superhelicity (σ = −0.06, Figure 2C, green line) regions of both oriC1 and oriC2 become single stranded DNA (G(x) < 2 kcal/mol). At low negative superhelicity (σ = −0.04, Figure 3C, red line) short stretches of DNA of approximately 27 bp were identified with a significantly lower free energy. These regions with lower free energy at a negative superhelicity of −0.04 and −0.06 are potential DUE sites. The nucleotide sequence of the possible unwinding elements identified are represented in detail in Figure 3 (gray boxes).
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FIGURE 3. Identification of the C. difficile oriC region. Nucleotide sequence of the oriC1 region (nucleotide 4292328 to 48 of the C. difficile 630Δerm LN614756.1 genome sequence) and oriC2 region (nucleotide 1274 to 1587). Identification of the possible unwinding AT-rich regions previously identified in the SIDD analysis (gray boxes). The putative DnaA boxes found are represented (pink boxes) and orientation in the leading (right) and lagging strand (left) are shown. Possible DnaA-trio sequence are denoted (light blue boxes). Coding sequence of the genes rpmH (blue arrow), dnaA (orange arrow) and dnaN (green arrow) and respective putative ribosome binding sites (dashed line) are indicated. Pattern identification is described in section “Materials and Methods.”


We then performed the identification of DnaA box clusters through a search of the consensus DnaA box TTWTNCACA containing up to one mismatch, using Pattern Locator (Mrazek and Xie, 2006). 22 putative DnaA boxes where identified in both the leading and lagging strand in the predicted C. difficile oriC regions (Figure 3, pink boxes), 14 in the oriC1 region and 8 in the oriC2 region. Both the consensus DnaA box TTWTNCACA and variant boxes are found. A cluster of DnaA boxes was proposed to contain at least three boxes with an average distance lower than 100 bp in between (Mackiewicz et al., 2004). At least one such cluster can be found in each origin region (Figure 3).

Though these are not crucial to origin function, we also manually identified the putative ribosomal binding sites for the annotated genes (Figure 3, dashed line) based on previously identified characteristics (Vellanoweth and Rabinowitz, 1992).

Finally, we manually predicted DnaA-trio sequences (3′-[G/A]A[T/A]n>3-5′ preceded by a GC-cluster) in the predicted oriC regions, as this motif is required for successful replication in both E. coli and B. subtilis (Richardson et al., 2016) and can also be identified in E. coli (Katayama et al., 2017), though a role in binding of DnaA to ssDNA has yet to be experimentally demonstrated in this organism. We identified a clear DnaA-trio in the lagging strand upstream of a predicted DUE region in the oriC2 region, with the nucleotide sequence 5′-CACCTACTACTATTACTACTATGA-3′ (Figure 3, light blue box), but no clear DnaA-trio was identified in the oriC1 region.

From all the observations, we anticipate that a bipartite origin is located in the dnaA chromosomal region of C. difficile with unwinding occurring downstream of dnaA, at the oriC2 region.



DnaA-Dependent Unwinding

To analyze DnaA-dependent unwinding of oriC, we used the purified C. difficile DnaA-6xHis protein and the predicted oriC sequence, to perform P1 nuclease assays as previously described (Sekimizu et al., 1988; Donczew et al., 2012). Localized melting resulting from DnaA activity exposes ssDNA to the action of the ssDNA-specific P1 nuclease. After incubation of a vector containing the oriC fragment with DnaA protein and cleavage by the P1 nuclease, the vector is purified and digested with different endonucleases to map the location of the unwound region.

We constructed vectors, based on pori1ori2 (Donczew et al., 2012), harboring C. difficile oriC1 (pAP76) or oriC2 (pAP83) individually (Supplementary Figure S3A), as well as the complete oriC region (pAP205) (Figure 4A). For a more accurate determination of the unwound region, the vectors were subjected to digestion by two different restriction enzymes (BglII and NotI), resulting in different restriction patterns. Limited spontaneous unwinding of the plasmid was observed in the C. difficile oriC-containing vectors (Figure 4B and Supplementary Figure S3B). No DnaA-dependent change in restriction pattern was observed when using the single oriC regions (Supplementary Figure S3B), suggesting oriC1 and oriC2 individually lack the requirements for DnaA-dependent unwinding.
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FIGURE 4. Identification of the unwinding region in C. difficile oriC. (A) Representation of the oriC1oriC2 containing vector pAP205 used in the P1 nuclease assay. The predicted oriC1 and oriC2 regions (dotted lines) and included genes are represented, rpmH (blue), dnaA (orange), and dnaN (green). The bla gene, the pBR322 plasmid origin of replication and the positions of used restriction sites are marked. The unwinding region (DUE) is denoted in a gray circle. (B) P1 nuclease assay of the oriC1oriC2-containing vector pAP205. Digestion of the vector (lane 1) with different restriction enzymes BglII (upper panel) or NotI (lower panel). Treatment of the fragments with P1 nuclease only (lane 2) and incubated with increasing amounts of C. difficile DnaA protein (lanes 3–6). The DNA fragments were separated in a 1% agarose gel and analyzed after ethidium bromide staining. Fragments resulting from DnaA-dependent unwinding are indicated with a red arrow (see Results for details). A typical result is shown. (C). Quantification of band 2 (black circles) of the P1/BglII digested vector. (D). Quantification of bands 2 (black circles) and 3 (open circles) of the P1/NotI digested vector. For panels (C,D), error bars indicate the standard deviation of the mean of n = 3 independent experiments.


We did observe a DnaA-dependent change in digestion patterns for the oriC1oriC2-containing vector pAP205 (Figure 4). Digestion of this vector with BglII in the absence of DnaA-6xHis and P1 nuclease resulted in a linear DNA fragment (4638 bp) due to the presence of a unique BglII restriction site (Figure 4B, upper panel, first lane). The addition of P1 nuclease leads to the appearance of a faint band between 1650 and 3000 bp (Figure 4B, upper panel, second lane), consistent with previous observations that the presence of a plasmid DUE can result in low-level spontaneous unwinding due to the inherent instability of these AT-rich regions (Jaworski et al., 2016). Upon the addition of the DnaA-6xHis protein the observed band becomes more intense, suggesting a strong increase in unwinding (Figure 4B, upper panel, red arrow).

Digestion of pAP205 with NotI in the absence of DnaA-6xHis and P1 nuclease results in fragments of 3804 and 842 bp, due to two NotI recognition sites in the vector (Figure 4B, lower panel, first lane). In the presence of just P1 nuclease, a similar low level of spontaneous unwinding is observed, resulting in the appearance of two additional faint bands, one between 1650 and 3000 bp and other between 1000 and 1650 bp (Figure 4B, lower panel, second lane). The addition of DnaA-6xHis results in an increase in intensity of both these bands in a dose dependent manner (Figure 4B, lower panel, red arrows).

We quantified the intensity of the bands from three independent P1 nuclease assays in order to determine the reproducibility of the assay (Figures 4C,D and Supplementary Figure S4). For the BglII-digested vector, we observed a DnaA-dependent increase of 20 to 60% of the total signal for the band between 1650 and 3000 bp (Figure 4C, band 2). For the NotI-digested vector, the signals of the second and third band increase from approximately 10% of the total signal to approximately 35% (1650–3000 bp, band 2) and 20% (1000–1650 bp, band 3) of total signal in the lane (Figure 4D). The observed increase was highly consistent, and appeared to saturate around 0.54–1 uM of DnaA (Figures 4C,D). The quantification also revealed a concomitant decrease in the signal for the upper bands in the gels of the BglII and NotI digests (Supplementary Figure S4, band 1).

The DnaA-dependent appearance of the ∼2000 bp band in the BglII digest, and the ∼1200 and ∼2200 bp bands in the NotI digest localize the DnaA-dependent unwinding of the C. difficile oriC in the oriC2 region (Figure 4A, gray rectangle, DUE). Moreover, these results suggest that C. difficile has a bipartite origin of replication, as successful DnaA-dependent unwinding of C. difficile in the oriC2 region requires both oriC regions (oriC1 and oriC2).



Conservation of the Origin Organization in Related Clostridia

Our results suggest that the origin organization of C. difficile resembles that of a more distantly related Firmicute, B. subtilis. To extend our observations, we evaluated the genomic organization of the oriC region in different organisms phylogenetically related to C. difficile. We followed a similar approach as described above for C. difficile 630Δerm, taking advantage of the DoriC 10.0 database (Luo and Gao, 2019). Importantly, our results with respect to the C. difficile origin of replication described above were largely congruent with the DoriC 10.0 database despite being based on different methods (a notable exception is the prediction for C. difficile strain 630; data not shown). We retrieved the predicted oriC regions from the DoriC 10.0 database and performed an in-depth analysis of these regions for the closely related C. difficile strain R20291 (NC_013316.1), as well as the more distantly related C. botulinum A Hall (NC_009698.1), C. sordelli AM370 (NZ_CP014150), C. acetobutylicum DSM 1731 (NC_015687.1), C. perfringens str.13 (NC_003366.1), and C. tetani E88 (NC_004557.1) (Table 1).

Similar to C. difficile 630Δerm, the genomic context of the origin contains the rpmH-dnaA-dnaN region for most of the clostridia selected and mirrors that of B. subtilis (Figure 5). The only exception is C. tetani E88 where the uncharacterized CLOTE0041 gene lies upstream of the dnaA-dnaN cluster (Figure 5).


[image: image]

FIGURE 5. Comparison of the clostridial oriC regions. Representation of the origin region and genomic context of B. subtilis, C. difficile 630Δerm chromosome and the predicted regions for C. difficile R20291, C. botulinum A Hall, C. sordelli AM370, C. acetobutylicum DSM 1731, C. perfringens str.13, C. tetani E88 (see Table 1). The rpmH (blue arrow), dnaA (orange arrow) and dnaN (green arrow) genes are indicated. Predicted DnaA-boxes are indicated by pink boxes and orientation on the leading (right) and lagging strand (left) are shown. Identification of the experimentally identified unwinding AT-rich regions (lines) and the SIDD-predicted helical instability are shown (dashed lines). The putative DUE is denoted (gray circle). Possible DnaA-trio sequences are shown in light blue boxes. See section “Materials and Methods” for detailed information. Alignment of the represented chromosomal regions is based on the location of the DnaA-trio.


We also identified the possible DnaA boxes for the selected clostridia (Figure 5, pink semi-circle). Across the analyzed clostridia, oriC1 region presented more variability in the number of putative DnaA boxes, from 9 to 19, whereas oriC2 contained 5 to 9 DnaA boxes, with C. tetani E88 with the lowest number of possible DnaA boxes, both at the oriC1 (9 boxes) and oriC2 (5 boxes) regions (Figure 5, pink semi-circle). In all the organisms we observe at least 1 DnaA cluster in each origin region, as also observed for C. difficile 630Δerm.

Prediction of DUEs using the SIST program (Zhabinskaya et al., 2015) identified several helically unstable regions that are candidate sites for unwinding (Figure 5, dashed lines, and Supplementary Figure S5). Notably, in all cases one such region in oriC2 (Figure 5, gray circle) is preceded immediately by the manually identified DnaA-trio (Figure 5, light blue circle). Based on our experimental data for C. difficile 630Δerm, we suggest that in all analyzed clostridia, DnaA-dependent unwinding occurs at a conserved DUE downstream of the DnaA-trio in the oriC2 region (Figure 5).



DISCUSSION

Chromosomal replication is an essential process for the survival of the cell. In most bacteria DnaA protein is the initiator protein for replication and through a cascade of events leads to the successful loading of the replication complex onto the origin of replication (Duderstadt et al., 2011; Chodavarapu and Kaguni, 2016).

Initial characterization of bacterial replication has been assessed in the model organisms E. coli and B. subtilis (Jameson and Wilkinson, 2017). Despite the similarities (location in an intergenic region, presence of a DUE, several DnaA boxes in both orientations) the structure of the replication origins and the regulation mechanisms are variable among bacteria (Wolanski et al., 2014). In contrast to E. coli, the B. subtilis origin region is bipartite, with two intergenic regions upstream and downstream of the dnaA gene. In C. difficile the genomic organization in the predicted cluster rnpA-rpmH-dnaA-dnaN, and the presence of [A + T]-rich sequences in the intergenic regions is consistent with a bipartite origin, as in B. subtilis (Figure 3).

The origin region contains several DnaA-boxes with different properties that are recognized by the DnaA protein. The specific binding of DnaA to the DnaA-boxes is mediated mainly through Domain IV of the DnaA protein. From DNA bound structures of DnaA it was possible to identify several residues involved in the contact with the DnaA boxes, some of which confer specificity (Blaesing et al., 2000; Fujikawa et al., 2003; Tsodikov and Biswas, 2011). Analysis of the of C. difficile DnaA homology in Domain IV did not show any difference in the residues involved on the DnaA-box specificity (Figure 1, vertical arrows), suggesting the same consensus motif conservation as the DnaA-box TTWTNCACA for E. coli (Schaper and Messer, 1995). The conserved DnaA-box motif allowed us to identify several DnaA boxes along the intergenic regions of the oriC. Like in the bipartite origin of B. subtilis, we identified at least one cluster of DnaA-boxes in the C. difficile oriC1 and oriC2 regions (Figures 3, 5). In the case of B. subtilis, it has been shown that different DnaA boxes fulfill different roles in replication initiation: two out of three DnaA boxes immediately upstream of the DnaA-trio are part of the basal unwinding system (i.e., required for DnaA-dependent strand separation), whereas other DnaA affect coordination and regulation of DNA replication (Richardson et al., 2019). For C. difficile, we also find three DnaA boxes immediately upstream of the DnaA trio (Figure 3 and Supplementary Figure S6), but the role of these boxes has not been experimentally verified to date.

The P1 nuclease assays place a region in which DnaA-dependent unwinding occurs in the oriC2 region of C. difficile, supported by the presence of the several features on the oriC2, such as the identified DUE and DnaA-trio, both required for unwinding (Kowalski and Eddy, 1989; Richardson et al., 2016). The presence of both oriC regions (oriC1 and oriC2) is required for melting in vitro, as observed for other bipartite origins (Wolanski et al., 2014). In contrast to the bipartite origin identified in H. pylori (Donczew et al., 2012), we did not observe unwinding of the oriC2 region alone. Though this may be a specific aspect of C. difficile oriC2, we cannot exclude that differences in the experimental setup (e.g. DnaA protein purification) could affect these observations. Nevertheless, our data are consistent with DnaA binding the DnaA-box clusters in both oriC regions, leading to potential DnaA oligomerization, loop formation, and unwinding at the [A + T]-rich DUE site.

When analyzing the origin region between different clostridia, features similar to those of C. difficile are observed, such as conservation of DnaA-box clusters within both oriC regions in the vicinity of the dnaA gene. Similar to C. difficile and B. subtilis, a putative DUE element, preceded by the DnaA-trio, was also located within the oriC2 region (Figures 4, 6). Thus, the overall origin organization and mechanism of DNA replication initiation is likely to be conserved within the Firmicutes (Briggs et al., 2012). As spacing of the DnaA-boxes are determinants for the species-specific effective replication (Zawilak et al., 2003; Zawilak-Pawlik et al., 2005), these similarities do no exclude the possibilities that subtle differences in replication initiation exist, and further studies are required. For instance, our work does not address which DnaA boxes in either oriC1 or oriC2 are important for unwinding, and whether the requirement is due to DnaA-dependent changes in structure of origin DNA (as has been shown for B. subtilis) (Richardson et al., 2019), or as a cis-acting regulatory element like DARS/DatA (Katayama et al., 2010, 2017). Further experiments could provide insights into the DnaA-box conservation and affinities and establish which DnaA boxes are crucial for origin firing and/or transcriptional regulation.

Several proteins can interact with the oriC region or DnaA, including YabA, Rok, DnaD/DnaB, Soj and HU (Briggs et al., 2012; Jameson and Wilkinson, 2017). In doing so they shape the origin conformation and/or stabilize the DnaA filament or the unwound region, consequently affecting replication initiation.

YabA or Rok affect B. subtilis replication initiation (Goranov et al., 2009; Schenk et al., 2017; Seid et al., 2017), but no homologs of these proteins have been identified in C. difficile (van Eijk et al., 2017). Similarly, no homologs are identified of other well-characterized DnaA-interacting proteins from gram-negative bacteria (van Eijk et al., 2017), such as Hda, DiaA/HobA (Zawilak-Pawlik et al., 2017) or HdaB (Frandi and Collier, 2020); it is unknown how C. difficile regulates DnaA activity.

In B. subtilis, DnaD, DnaB, and DnaI helicase loader proteins associate sequentially with the origin region resulting in the recruitment of the DnaC helicase protein (Marsin et al., 2001; Velten et al., 2003; Smits et al., 2010; Jameson and Wilkinson, 2017). In B. subtilis, DnaD binds to DnaA and it is postulated that this affects the stability of the DnaA filament and consequently the unwinding of the oriC (Ishigo-Oka et al., 2001; Martin et al., 2018; Matthews and Simmons, 2019). B. subtilis DnaB protein also affects the DNA topology and has been shown to be important for recruiting oriC to the membrane (Rokop et al., 2004; Zhang et al., 2005). C. difficile lacks a homolog for the DnaB protein, although the closest homolog of the DnaD protein (CD3653) (van Eijk et al., 2017) may perform similar functions in the origin remodeling (van Eijk et al., 2016). Direct interaction of DnaA-DnaD through the DnaA Domain I was structurally determined and the residues present at the interface were solved (Martin et al., 2018). Despite high variability of this domain between organisms, half of the identified contacts for the DnaA-DnaD interaction are conserved within C. difficile, the S22 (S23 in B. subtilis DnaA), T25 (T26), F48 (F49), D51 (D52) and L68 (L69) (Figure 1; Martin et al., 2018; Matthews and Simmons, 2019). This might suggest a similar interaction surface for CD3653 on C. difficile DnaA. A characterization of the putative interaction between CD3653 and DnaA, and the resulting effect on DnaA oligomerization and origin melting awaits purification and functional characterization of CD3653.

The Soj protein, also involved in chromosome segregation, has been shown to interact with DnaA via Domain III, regulating DnaA-filament formation (Scholefield et al., 2012) and the C. difficile encodes at least one uncharacterized Soj homolog, but a role in DNA replication has not been experimentally demonstrated.

Bacterial histone-like proteins (such as HU and HBsu) can modulate DNA topology and might therefore influence oriC unwinding and replication initiation. However, the importance of HU for replication initiation has only been clearly demonstrated for E. coli (Krause et al., 1997; Chodavarapu et al., 2008). Several studies have shown HU independent origin unwinding even in gram-negative bacteria (Donczew et al., 2012; Makowski et al., 2016; Jaworski et al., 2018; Plachetka et al., 2019), suggesting that HU-dependence of origin unwinding may be limited to a narrow phylogenetic group. C. difficile encodes a homolog of HU, HupA (Oliveira Paiva et al., 2019) but whether this protein plays a role in DNA replication initiation remains to be established.

Finally, Spo0A, the master regulator of sporulation, binds to several Spo0A-boxes present in this the oriC region in B. subtilis (Boonstra et al., 2013). Some of the Spo0A-boxes partially overlap with DnaA-boxes and binding of Spo0A can prevent the DnaA-mediated unwinding, thus playing a significant role on the coordination of between cell replication and sporulation (Boonstra et al., 2013). In C. difficile, Spo0A-binding has previously been investigated (Rosenbusch et al., 2012), but a role in DNA replication has not been assessed.

For all the regulators with a C. difficile homolog discussed above (i.e. CD3653, Soj, HupA, and Spo0A), further studies can be envisioned employing the P1 nuclease assays described here to assess the effects on DnaA-mediated unwinding of the origin. Our experiments show, however, they are not strictly required for origin unwinding (Figure 4).

In summary, through a combination of different in silico predictions and in vitro studies, we have shown the DnaA-dependent unwinding in the dnaA-dnaN intergenic region in the bipartite C. difficile origin of replication. We have analyzed the putative origin of replication in different clostridia and a conserved organization is observed throughout the Firmicutes, although different mechanisms and regulation could be behind the initiation of replication. The present study is the first to characterize the origin region of C. difficile and forms the start to further unravel the mechanism behind the DnaA-dependent regulation of C. difficile initiation of replication.
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0AP30
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OAP32
0AP33
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0AP41
0AP56
O0AP57

Sequence (5 > 3')*

CAGTCCATGGATATAGTTTCTTTATGGGACAAAACC
CGGCAGATCTTCCCTTCAAATCTGATATAATTTTGTCTATTTTAG
AATTGAATTCTTTGTCCCATAAAGAAACTATATCC
TGGGCTGCAGTTCAACCCTTTAGTCCTATTAAAGTCC
AATTGAATTCTTTGCTAGGATTTTTTGATTAC
TGGGCTGCAGTTGACAAAATTATATCAGATTTG
TGGGCTGCAGTTGCTAGGATTTTTTGATTAC
AATTGAATTCTTTCAACCCTTTAGTCCTATTAAAGTCC
CAGCGAGTCAGTGAGCGAGGAAG
GATTGATTTAATTCTCATGTTTGAC

*Restriction enzyme cleavage sites used underlined.
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Name Relevant features* Source/Reference

pAV13 lacl9, Prs expression vector; km (Smits et al., 2011)
pEVE40 P75 - DnaA-6xHis; km This study

poriiori2 H. pylori oriC1oriC2; amp (Donczew et al., 2012)
pAP76 C. difficile oriC2; amp This study

pAP83 C. difficile oriC1; amp This study

pAP205 C. difficile oriC1oriC2; amp This study

*amp, ampicillin resistance cassette; km, kanamycin resistance cassette.
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