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Editorial on the Research Topic
 Connecting Form and Function: Recent Advances in Understanding Dendrite Morphogenesis and Plasticity



Neurons establish their dendritic arbors through a series of steps, from initial coverage of target areas and elaboration of fine branches for full innervation, to experience-dependent remodeling during circuit maturation or rewiring. The integrity and functions of dendrites further need to be maintained throughout the lifespan of the organism while keeping a delicate balance between stability and plasticity. As each of these steps requires orchestration of numerous intracellular events and interactions with the extracellular environment, there is a high demand on the molecular and cellular machinery specialized for supporting neuronal dendrites. This Research Topic highlights the range of intrinsic and extrinsic mechanisms of dendrite development, maintenance, and structural plasticity, as well as molecular pathways required for each process, many of them linked to neurological disorders and neurodegeneration.

During dendrite development, organization of the cytoskeleton plays a pivotal role in the structural integrity, providing transport tracks and growth force. Of particular interest is the organization of microtubules in neurons, which is reviewed by Wilkes and Moore with a focus on the formation and organization of microtubule organizing centers (MTOCs) at different stages of dendrite morphogenesis and spatial domains. Many additional intrinsic factors are required for proper dendritic patterning including kinase signaling pathways (Nourbakhsh and Yadav) as well as proteostasis, i.e., the maintenance of functional protein levels through synthesis and degradation (Lottes and Cox). Despite this ever-growing insight into molecular mechanisms of dendrite development, new players keep emerging through ongoing work. A clonal screen by the Wang et al. identified 40 new genes involved in dendrite morphogenesis in Drosophila somatosensory neurons, revealing the importance of tubulin folding, Nogo signaling, RNA splicing, phosphoinositides, and glycosylation.

Besides the cell intrinsic machinery, extrinsic mechanisms define many aspects of dendrite patterning across organisms. Two themes by which extrinsic factors exert their functions are local regulation of cell-cell adhesion and global regulation of transcription. Lin et al. reviewed such extrinsic factors discovered in a broad range of model systems that feature diverse spatial organization of dendritic arbors. Recent research also highlights the emerging importance of neuronal interaction with other tissues. For example, the epidermal cells that interact with somatosensory neurites are much more than passive bystanders: they actively promote neurite growth, position neurites in a 2-dimensional space or ensheathment and engulf pruned neurites. In this topic, Yin et al. specifically reviewed studies related to innervations of the epidermis by somatosensory neurons, while comparing findings in worm, fly, and zebra fish systems. Bridging intrinsic and extrinsic mechanisms, Shrestha et al. discovered that the immunoglobulin molecule Basigin is required in both neurons and surrounding epidermal cells, highlighting the importance of adhesion molecules on both growing dendrites and their supporting tissue.

While specific genetic programs orchestrate dendrite development and patterning, their final shape is strongly influenced by sensory experience and neural activity. The dynamic nature of the postsynaptic apparatus, spines, and dendritic arbors is a critical component of neuronal plasticity and has captivated neuroscientists over the past few decades. In this Research Topic, a review article by Furusawa and Emoto discussed several aspects of dendrite remodeling during development and injury across model systems, providing an overview of the recent progress made in this field.

Furthermore, new approaches and systems to study dendrite plasticity and the underlying molecular mechanisms are featured here, revisiting some of the most fundamental questions regarding dendritic structural plasticity. A classic example of activity-dependent dendrite remodeling is the dendritic pruning of mitral cells, which extend dendritic branches to multiple glomeruli that are thought to be trimmed down by odor-evoked activity after birth to contact only one specific glomerulus. Togashi et al. developed an Adeno-associated-virus (AAV)-based strategy to label developing mitral cells in the mouse olfactory bulbs independent of their birthdates. Surprisingly, they found that ~50% of mitral cells already completed their dendritic refinement to a single glomerulus by birth, suggesting that developmental mechanisms or spontaneous activity within the olfactory bulb play a major role in dendritic pruning of mitral cells.

Neuronal activity is not only a major driving force of developmental pruning, but is also required for synaptic plasticity, which is best studied in excitatory cortical neurons. Kuhlmann et al. used a cortical-striatal co-culture system to study activity-dependent plasticity in inhibitory Spiny Projection Neurons (SPNs). Both silencing glutamatergic inputs and chemically inducing NMDA receptor-dependent long-term-potentiation led to changes in spine density in a time-dependent fashion. These findings illustrate that inhibitory SPN plasticity can be induced by glutamate activity in the absence of dopamine and other neuromodulators, offering an experimental platform to be exploited in future studies. While glutamate-dependent synaptic plasticity and the responsible receptors have been investigated extensively, far less is known about the roles of nicotinergic acetylcholine receptors (nAchR), the major receptors for acetylcholine. Rosenthal and Yuan discussed the current understanding of Drosophila nAchRs, the best studied representatives of the predominant excitatory neurotransmitter receptor family in insects. The review highlighted decades of work on nAchRs' molecular features, as well as their critical functions in mediating short and long-term structural and functional plasticity. The technical advances made recently will likely improve our understanding on the function of cholinergic neurotransmission in dendrite development and plasticity across species.

Activity-dependent dendritic plasticity is a key feature underlying anatomical and functional changes in neuronal networks that likely also involve homeostatic mechanisms. In Drosophila motoneurons, Dhawan et al. identified several reactive oxygen species (ROS) signaling components as essential regulators for homeostatic structural plasticity of dendrites, and proposed a model on how this pathway and its downstream effectors regulate dendrite development in response to changes of synaptic activity. These findings create opportunities for additional mechanistic studies and further validation in other systems.

Because the molecular machinery governing dendrite development and plasticity is extremely complex, its components are often affected during aging and in neurological and neurodegenerative diseases. Several reviews in this series highlight key cellular and molecular processes of disorders affecting the integrity of dendrites. Here, Nourbakhsh and Yadav discussed the impact of kinase signaling on dendritic development and its connections to neurodevelopmental and neurodegenerative diseases. With promising novel techniques delineating their precise signaling pathways, kinases are emerging key players in neurological disorders. Additionally, injury-related kinase signaling pathways play a significant role in localized degeneration and regeneration (Furusawa and Emoto).

Besides specific signaling pathways, global mechanisms have a profound impact on preserving dendritic homeostasis. For example, dysregulated protein synthesis is strongly linked to Autism as well as neurodegenerative conditions. Lottes and Cox discussed the importance of maintaining proteostasis on the regulation of structural and functional integrity of dendrites. An equally profound impact on dendrite maintenance can be attributed to pathways regulating plasma membrane turnover. The review by Lin et al. summarized recent findings demonstrating the critical role of the secretory pathway and the exo- and endocytotic machinery in dendritic integrity. Due to their heightened vulnerability toward perturbations affecting plasma membrane turnover, dendrites are also the prime targets during neurodegeneration (Lin et al.).

In summary, this Research Topic reflects many recent progresses made in different model systems and with updated technologies, providing cellular and molecular insights into the making and breaking of neuronal dendrites. At the same time, these studies highlight the complexity and diversity of dendrites and remind us that much remains to be discovered.
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Cellular protein homeostasis, or proteostasis, is indispensable to the survival and function of all cells. Distinct from other cell types, neurons are long-lived, exhibiting architecturally complex and diverse multipolar projection morphologies that can span great distances. These properties present unique demands on proteostatic machinery to dynamically regulate the neuronal proteome in both space and time. Proteostasis is regulated by a distributed network of cellular processes, the proteostasis network (PN), which ensures precise control of protein synthesis, native conformational folding and maintenance, and protein turnover and degradation, collectively safeguarding proteome integrity both under homeostatic conditions and in the contexts of cellular stress, aging, and disease. Dendrites are equipped with distributed cellular machinery for protein synthesis and turnover, including dendritically trafficked ribosomes, chaperones, and autophagosomes. The PN can be subdivided into an adaptive network of three major functional pathways that synergistically govern protein quality control through the action of (1) protein synthesis machinery; (2) maintenance mechanisms including molecular chaperones involved in protein folding; and (3) degradative pathways (e.g., Ubiquitin-Proteasome System (UPS), endolysosomal pathway, and autophagy. Perturbations in any of the three arms of proteostasis can have dramatic effects on neurons, especially on their dendrites, which require tightly controlled homeostasis for proper development and maintenance. Moreover, the critical importance of the PN as a cell surveillance system against protein dyshomeostasis has been highlighted by extensive work demonstrating that the aggregation and/or failure to clear aggregated proteins figures centrally in many neurological disorders. While these studies demonstrate the relevance of derangements in proteostasis to human neurological disease, here we mainly review recent literature on homeostatic developmental roles the PN machinery plays in the establishment, maintenance, and plasticity of stable and dynamic dendritic arbors. Beyond basic housekeeping functions, we consider roles of PN machinery in protein quality control mechanisms linked to dendritic plasticity (e.g., dendritic spine remodeling during LTP); cell-type specificity; dendritic morphogenesis; and dendritic pruning.

Keywords: dendrite, proteostasis network, ribosome, chaperone, autophagy, ubiquitin-proteasome system (UPS), developmental homeostasis, neurological disease


INTRODUCTION

Some of Ramon y Cajal’s most famous drawings are of dendrites, and though much of our fascination in his work is due to Cajal’s skill in rendering each branch in minute detail, some of the appeal is naturally due to the sheer variety in shape and size of cells. In an illustration of a single slide, he might capture three or four different types of cells, crowding around each other in the same tiny slice of tissue (Garcia-Lopez et al., 2010). Cajal described the sight as “the nerve cell, the highest caste of organic elements, [appears] with its giant arms stretched out, like the tentacles of an octopus, to the provinces on the frontiers of the external world, to watch for the constant ambushes of physico-chemical forces” (qtd. in Ramón y Cajal, 1989). Our fascination with complicated dendritic arbors is not misplaced, for the shape of neurons evinces their function: the ornate arbors of hippocampal neurons need to integrate numerous inputs, and the bipolar cells of the retina only require two processes to facilitate rapid neural communication. The unique cell-specific structures of neuronal processes are vital to the function of each cell and to the function of the brain in its entirety. The brain relies on precise and reliable relationships between cells, and the cells, in turn, rely on their specific dendritic arbors to maintain proper connections between themselves and the larger cellular community.

The cell body alone is a whirring hub of activity, and the axon can stretch for incredible distances, making synaptic connections at many points along its length. Each neuron can participate in thousands of synaptic connections, which total over 100 trillion synapses in a human neocortex alone (Hanus and Schuman, 2013; Tang et al., 2001). The spatial architecture of a dendritic arbor is key to ensuring its appropriate synaptic inputs, and, thus, its proper function. There are three major physical requirements for dendrites to function correctly: (1) the arbor must cover its receptive field; (2) the branch pattern must be suited to the type and amount of incoming signals; and (3) the dendrites must be plastic, changing with both development and experience (Jan and Jan, 2010).

In short, dendrites must be both stable and dynamic. The half-life of a synaptic protein is a few days at most, but the main branches of the arbor may need to be maintained for the course of an organism’s life (Cohen et al., 2013). Another conflict: cytoskeletal proteins are moved via “slow” transport, which can be less than eight millimeters a day, but the physical changes in shape and size of dendritic spines can begin less than an hour after induction of long term potentiation (LTP) (Ostroff et al., 2018) – and protein level fluctuation starts even earlier (Bosch et al., 2014; Maday and Holzbaur, 2014; Ostroff et al., 2018; Hafner et al., 2019). Dendrites require protein transport from the cell body, but these examples illustrate that dendrites cannot simply rely on transport to maintain proteostasis. Instead, dendritic protein quality control systems must be in place to meet the needs of stability and plasticity. These systems include free ribosomes and dendritic endoplasmic reticulum (ER) tubules that facilitate local translation, cytoplasmic chaperones that monitor protein maintenance in dendrites, and dendritic autophagosomes, endosomes, lysosomes, and proteasomes that control localized protein recycling and turnover (Figure 1).
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FIGURE 1. The three arms of the proteostasis network in supporting dendritic architecture. Schematic representation of the three major arms of proteostasis (Synthesis, Maintenance, and Degradation) in regulating distinct aspects of dendritic development and function.


Protein quality control is a sub-component of proteostasis involving protein synthesis, maintenance, and degradation (Klaips et al., 2018). This review will address the three arms of protein quality control in dendrites, from a protein’s ribosomal “birth” through its maintenance or “maturation” by chaperones, and eventually to its autophagic and ubiquitin-mediated “death.” Each proteostatic arm, when disrupted, is associated with a variety of neurological disorders, highlighting the importance of these proteostatic components to neurons, especially. Many studies have been conducted on protein quality control in cell-stress conditions (Chaari, 2019; Muranova et al., 2019; Hetz and Kaufman, 2020; Yerbury et al., 2020); however, this review will mainly address the function of each arm in homeostatic conditions. Furthermore, many of the studies discussed in this review use genetic manipulation to dissect the role of PN genes and their protein products in homeostasis. Here we discuss accumulated evidence of dendritic expression and localization of proteins and organelles that point to compartment-specific roles of PN machinery in regulating dendritic development and plasticity. With that said, an important technical caveat of the molecular genetic manipulations is that while PN genes can be genetically disrupted in a cell-type specific manner in some organisms, these manipulations are not necessarily targeted to a specific compartment and instead effect the entire cell – axon, dendrite and soma. As such, it can be technically challenging to fully disentangle putative contributions of the somatic PN from the dendritic PN. Nevertheless, that PN machinery is differentially trafficked onto dendrites, and supports biological processes such as local translation, indicates that at least somatodendritic PN machinery mechanistically functions in protein quality control linked to dendritic morphogenesis, cell-type specificity, and plasticity.


Protein Synthesis

The first arm of the protein quality control system, protein synthesis, controls translation of mRNA into protein. Ribosomes, located both in the rough ER and freely in the cytosol, shepherd the transition of mRNA to protein (Ainsley et al., 2014; Depaoli et al., 2018). Often organized in complexes comprised of many individual ribosomal subunits (Genuth and Barna, 2018), ribosomes interact with a variety of other proteins, including Ribosomal Associated Proteins (RAPs), kinases, and phosphatases, which facilitate the production of all proteins in the cell (Heise et al., 2014; Genuth and Barna, 2018).

It has long been known that free, or cytosolic, ribosomes are present in dendrites (Tiedge and Brosius, 1996; Hanus and Schuman, 2013; Genuth and Barna, 2018). In fact, ribosomal proteins have often been tagged with fluorescent markers in order to visualize dendritic arbors (Hill et al., 2012). Selectively disrupting ribosomal function has been found to affect many aspects of axonal and dendritic morphology (Perry and Fainzilber, 2014; Slomnicki et al., 2016; Genuth and Barna, 2018). This is not surprising: both axons and dendrites extend for great distances, forming intricate, complicated connections – and these polarized structures must be maintained for much longer than the lives of other cell types, requiring continual protein synthesis.



Protein Synthesis and Trafficking in Development and Maintenance of Arbors

Due to the special proteostatic demands of dendrites, it is logical that both cytosolic and ER protein translation would occur on-site. Solely depending on vesicular trafficking of essential proteins would be slow and energetically costly (Hanus and Schuman, 2013; Perry and Fainzilber, 2014). In rat brain slices, it was found that in a five-minute period – absent of any exogenous stimulation – approximately 60% of observed dendritic spines underwent active translation (Hafner et al., 2019).

The levels of some ribosomal subunits have dramatic effects on neurite formation, and some ribosomal transcription factors – transcription factors that regulate the expression of ribosomal subunits – have been specifically examined for their pro-neuritic function (Gomes et al., 2011; Das et al., 2017; Hetman and Slomnicki, 2019; Baral et al., 2020). Ribosomal subunits have been found to be required for correct dendritic arbor formation, as the knockdown of RpS3 and RpL22, 40S and 60S ribosomal subunit proteins, respectively, shrinks and simplifies arbors in Class IV (CIV) nociceptive dendritic arborization sensory neurons in Drosophila melanogaster (Olesnicky et al., 2014; Lin et al., 2015). Knockdown of many other ribosomal subunits have been found to alter CIV dendritic morphology in Drosophila larvae, such as RpL7, RpL36A, RpS2, RpS13, and RpS17 (Das et al., 2017; Nanda et al., 2018; Table 1). Mutations of RpL7 and RpL36A also resulted in reductions in dendritic F-actin and microtubule levels as well as redistribution of F-actin towards the soma, which may contribute to the observed gross morphological defects (Das et al., 2017).


TABLE 1. Protein Synthesis Dendritic Phenotypes proteins involved in regulating protein synthesis cause a variety of dendritic phenotypes when manipulated.

[image: Table 1]Though some studies indicate that dendritic translation is more heavily dependent on free ribosomes than the rough ER (Koltun et al., 2020), it has been found that a healthy ER is necessary for correct dendritic arbor formation (Cui-Wang et al., 2012). Neurons have evolved a unique spatial organization of the secretory system, with satellite ER and Golgi outposts found outside of the soma (Horton and Ehlers, 2003; Aridor et al., 2004; Ye et al., 2007; Iyer S. C. et al., 2013). This specialized neuronal secretory system is necessary for neuronal polarization and the asymmetric growth and branching that distinguishes axons from dendrites (Horton and Ehlers, 2003; Horton et al., 2005; Ye et al., 2007). The ER runs in a “tubular” form in axons and the straightaways of dendrites but creates more complicated satellite networks at dendritic branch points (Liu et al., 2019). Proper ER formation may underlie correct dendritic arbor formation (Cui-Wang et al., 2012). For example, CLIMP63, an integral ER membrane protein, guides the elongation of ER tubules to the distal ends of dendritic processes when “activated” by phosphorylation. When an “inactivated” phosphodeficient version of CLIMP63 was introduced into rat hippocampal neurons, the neurons produced fewer proximal branches. Conversely, when a phosphomimetic version of CLIMP63 was introduced, there was an increase in branch number (Cui-Wang et al., 2012). These results are similar to those of experiments manipulating the protein Atlastin – an ER tubule-binding protein which, when mutated is a cause of Hereditary Spastic Paraplegia, discussed in sections “Protein Synthesis Linked to Neurological Disease” and “Protein Maintenance in Disease” (Fink, 2013; Ozdowski et al., 2015). In Drosophila, knockdown of atlastin orthologs leads to ER network fragmentation in dendrites, though dendritic arborization defects only resulted when the knockdown was combined with a knockdown of inositol-requiring enzyme-1 (IRE1) (see section “Protein Synthesis Linked to Neurological Disease”) (Liu et al., 2019; Summerville et al., 2016). Furthermore, overexpression of Atlastin in mouse cortical neurons led to increased dendritic growth both in vivo and in vitro (Gao et al., 2013).

Other components of the secretory pathway, such as Golgi outposts – specialized Golgi compartments in dendrites – have also been proven to be crucial for dendritic growth (Ye et al., 2007; Zhou et al., 2014). Dendritic Golgi outposts, which are distinct from the Golgi apparatus in the soma, depend on a RhoA-Rho kinase (Rock) signaling pathway for formation and deployment into dendrites (Quassollo et al., 2015). Satellite Golgi outposts supply the plasma membrane needed to support growth in distal dendrites, transported via vesicle trafficking. The COPII machinery needed to facilitate dendritic vesicle trafficking is also implicated in dendritic growth and branching. Mutations in COPII components such as the coat proteins Sec13, Sec23, Sec24, and Sec31, as well as GTPases Rab1 and Sar1 cause reductions in dendritic growth and branching in Drosophila CIV neurons (Ye et al., 2007; Iyer S. C. et al., 2013). Interestingly, genes involved in the secretory pathway have also been found to be necessary for the developmentally timed dendritic pruning, a regressive process, that occurs in Drosophila pupae during metamorphosis. Defects in the function of Arf1, Sec71, Yif1 and Yip1, as well as Rab1 and Sar1, have all been found to severely disrupt dendritic pruning via dysregulation of the ER-to-Golgi network (Wang et al., 2017; Wang Q. et al., 2018). It has also been suggested that Golgi outposts may play a role in supporting local translation and protein trafficking (Steward and Schuman, 2003; Ye et al., 2007). Finally, Golgi outposts have also been found to act as microtubule-organizing centers in dendrites, a role which is essential for the formation and maintenance of the dendritic arbor (Ori-McKenney et al., 2012; Yang and Wildonger, 2020). For excellent, recent reviews on the role of the secretory pathway in neurons and the role of the Golgi complex in neurological disorders see Kennedy and Hanus (2019) and Caracci et al. (2019).



Protein Synthesis and Cell-Type Specificity

Mutations of some secretory pathway proteins – (e.g., Sec23, Sar1 and Rab1) have been found to cause developmental dendritic defects (Table 1), yet mutations in similar secretory proteins (e.g., Sec23A, Sec23B, Sec24D, and Sar1b) have been linked to non-neuronal effects in humans (Ye et al., 2007; Praschberger et al., 2017). Instead of impacting neuronal morphology, the latter group of secretory proteins are found to disrupt bone formation and cause lipid absorption disorders and anemia when mutated (Praschberger et al., 2017). These findings indicate that there may be tissue-specific dependence on different components of the synthesis and secretory systems, tailored to the unique needs of each tissue. In development, certain ribosome biogenesis factors – which are crucial to ribosomal complex assembly – are specifically expressed in stem cells, and cellular ribosomal content is thought to change as select ribosomes are recruited depending on cell fate (Gabut et al., 2020).

Ribosomal distribution and cell reliance are more than just tissue-specific. The differences in ribosomal reliance are even brain-region specific. It has been discovered that Drosophila larval neuroblasts show differential responses to CRISPR-mediated knockdown of ribosome biogenesis factors. Neuroblasts of the mushroom body proliferated much longer after loss of two ribosome biogenesis factors than did other neuroblast types (Baral et al., 2020). Recent discoveries have also revealed that ribosomal protein paralogues eRpL22 and eRpL22-like show cell-type specific patterning in the Drosophila eye in addition to developmental-dependent fluctuations in their expression (Gershman et al., 2020).

The cell-type specific patterning of protein synthesis machinery may also contribute to the diversity of dendritic morphologies. As in the Drosophila eye, sensory neurons in the Drosophila larval body wall show differing expression and dependence on ribosomal expression (Iyer E. P. R. et al., 2013; Das et al., 2017). As alluded to above, a Sec31 loss-of-function mutation caused decreased dendritic length and branching in Drosophila CIV sensory neurons, however, there was no effect of Sec31 mutation in classes of sensory neurons with simpler dendritic arbors. Furthermore, Sec31 overexpression also resulted in decreased dendritic growth and branching in complex CIV neurons, whereas Sec31 overexpression in the morphologically simpler Class I (CI) sensory neurons resulted in enhanced dendritic growth and branching, revealing cell-type specific differences in dendritic development and homeostasis (Iyer S. C. et al., 2013). This phenomenon has also been observed in C. elegans, where knockdown of IRE1, which encodes a protein monitoring ER content (discussed later in section “Protein Synthesis Linked to Neurological Disease”), causes severe reductions in dendritic branching in neurons with complex dendritic arbors, but not those with simpler arbors (Wei et al., 2015). In Drosophila, ribosomal genes were found to be more highly enriched in the dendritically complex CIV neurons relative to the dendritically simpler CI neurons (Iyer E. P. R. et al., 2013). This could indicate that more complex neurons require higher levels of protein synthesis in general, or, alternatively, are more sensitive to perturbations in protein synthesis and secretory systems. It could also be the case that specific ribosomal proteins are required for complex neurons because those neurons depend heavily on “specialized ribosomes” (discussed in section “Protein Synthesis and Plasticity”) to translate the select subset of proteins required to develop such complex arbors.



Protein Synthesis and Plasticity

The formation of the ER and presence of free ribosomes is necessary for the development and stability of the dendritic arbor in many types of neurons (Martínez et al., 2018), but ribosomes also play an important role in dendritic plasticity. Free ribosomes in the cytoplasm allow compartments like the dendrites and axon to independently respond to experiences, and ribosomes themselves may have more discretion than previously imagined. Instead of identical machines that non-discriminately transcribe any strand of mRNA that comes their way, ribosomes may selectively transcribe mRNA depending on cellular conditions or post-translational modifications (Genuth and Barna, 2018; Ferretti and Karbstein, 2019).

The term “specialized ribosomes”, also referred to as the “ribosome filter hypothesis” is currently used to refer to the idea that ribosomes, able to translate many different strands of mRNA, may have selective control over the prioritization of competing strands (Mauro and Edelman, 2007; Shi et al., 2017; Genuth and Barna, 2018). This selective control springs from the ribosomal subunit composition and/or stoichiometry of the ribosomal complex itself – selectivity may arise through slight architectural distinctions between subunit isoforms or paralogs, or dynamically through changes in cell conditions like temperature or post-translational modifications like acetylation (Gerst, 2018; Guo, 2018; Li and Wang, 2020). Alternatively, ribosomal subunits and their paralogs may be tuned to translate specific sets of proteins, and the translation of these proteins may be up- or down-regulated based on the production and degradation of the ribosomal subunits themselves (Komili et al., 2007; Ferretti and Karbstein, 2019).

Ribosome specialization is an issue complicated by the sheer variety of proteins involved in translation. RAPs (Ribosomal Associated Proteins), kinases, and phosphatases are all a part of the “ribo-interactome” (Albert et al., 2019; Genuth and Barna, 2018; Heise et al., 2014). mRNA translated by ribosomes is capped at the 5′ end, and the cap requires recruitment of eukaryotic initiation factors (eIFs) such as eIF4E and eIF4G before they, in turn, recruit the ribosome (Ostroff et al., 2017; Choi et al., 2018; Das Sharma et al., 2019). Some eIFs are even preferentially involved in different stages of dendritic growth and maintenance, such as eIF4A and eIF3, which have been found to be required for dendritic pruning in Drosophila pupae (Rode et al., 2018). Additionally, some ribosomes can directly bind with mRNA using Internal Ribosome Entry Sites (IRES); however, even while skipping the “middle man”, they still depend on a whole host of other proteins that assist with initiation, elongation, and termination of the mRNA (Sutton and Schuman, 2005; Genuth and Barna, 2018).

Specialized ribosomes may be necessary for the differences in protein expression between cell types, and thus for the formation of unique dendritic arbors (Kennedy and Hanus, 2019). Interestingly, differences in the rate of mRNA translation have even been uncovered between proximal and distal dendritic branches of the same arbor (Ouwenga et al., 2017; Wu et al., 2016; Xue and Barna, 2012), implicating ribosomal specialization in the distinction and dynamics of cell compartments.

It is well known that dendritic spines physically change in response to activity as part of LTP, and ribosomal activity is thought to be an integral part of that change (Chidambaram et al., 2019; Chirillo et al., 2019; Harris, 2020). Ribosomal mRNAs have been found to be enriched in dendrites (Ohashi and Shiina, 2020), and dendritic levels of mRNA fluctuate with synaptic activity, especially those of immediate early genes such as Activity-regulated cytoskeletal associated protein (Arc) (Sutton and Schuman, 2005; Jakkamsetti et al., 2013; Na et al., 2016; Ostroff et al., 2017; Choi et al., 2018). Using a specially designed fluorescent reporter, Arc was visualized in real time in dendrites as it was translated, appearing only fifteen seconds after synaptic stimulation with glutamate (Na et al., 2016), too quickly for traditional transport mechanisms. Surprisingly, it appeared in the dendrites but not the spines themselves, lending credence to the idea that synapses might share resources (Hanus and Schuman, 2013). Local translation may occur at the dendrite level, with proteins transported short distances to activated synapses: this is aligned with the synaptic tagging model, in which synapses share pools of resources, and allocated proteins are somehow “tagged” in order to recruit them to specific synapses (Frey and Morris, 1997; Ainsley et al., 2014; Rogerson et al., 2014). Supporting this theory, ribosome numbers have been found to be elevated in dendritic shafts following LTP induction during the persistent phase of LTP, which is dependent on protein synthesis, and mRNA translation is up-regulated in both the dendrites and soma following LTP induction (Ostroff et al., 2018; Chirillo et al., 2019; Koltun et al., 2020).



Protein Synthesis Linked to Neurological Disease

Dyshomeostasis of protein synthesis can be lethal. Ribosomopathies, caused by loss-of-function mutations of ribosomes or ribosome biogenesis factors, clearly exemplify the importance of individual ribosome subunits in organismal health. Ribosomopathies, such as Diamond-Blackfan anemia, often cause congenital birth defects and heightened cancer risk (Shi et al., 2017). For reviews of ribosomopathies, see Farley-Barnes et al. (2019) and Kampen et al. (2020).

Though ribosomopathies have consequences throughout the body, some ribosomal subunit mutations are connected specifically to neurological disorders, such as those linked to cases of Autism Spectrum Disorder (ASD) and intellectual disability (ID) (Hetman and Slomnicki, 2019; Choe and Cho, 2020). Defects in ribosome function have also been connected to neurodegenerative diseases such as Alzheimer’s disease (AD) (Ding et al., 2005; Hernández-Ortega et al., 2016) and Parkinson’s disease (PD) (Taymans et al., 2015), and ribosomal frameshifting is implicated in repeat expansion disorders such as Huntington’s disease (HD) and Amyotrophic Lateral Sclerosis (ALS) (Gao et al., 2017).

Disruption of ER organization can also underlie neurological disease, though this may be due to the loss of its organizational organelle contacts rather than its peripheral protein synthesis functions (Fowler et al., 2019). Mutations in the protein Atlastin – an ER-tubule binding protein previously discussed – are responsible for 10% of autosomal dominant cases of Hereditary Spastic Paraplegia, a disease characterized by progressive weakness and loss of motor control in the lower limbs (Fink, 2013; Ozdowski et al., 2015). Changes in ER organization are characteristic of several mutations underlying forms of Hereditary Spastic Paraplegia, including changes to atlastin, spastin, reticulon 2, REEP1 and 2, and protrudin, among others (Blackstone, 2018; Fowler et al., 2019). For a recent review of the role of the ER in axons and neurodegeneration, see Öztürk et al. (2020). The neurological disease is thought to stem mainly from axon degeneration, and disruptions in axonal regeneration and bouton number have been reported with mutations in Hereditary Spastic Paraplegia-associated genes (Rao et al., 2016; Summerville et al., 2016). However, loss-of-function experiments with atlastin and other molecules have also been found to severely disrupt gross dendritic morphology and dendritic spine formation (Fink, 2013; Liu et al., 2019; Shih and Hsueh, 2018). Moreover, mutations in spastin, which encodes a microtubule-severing AAA ATPase, are known to be the most frequent cause of autosomal dominant spastic paraplegia, and have also been shown to lead to reductions in dendritic arbor complexity (Jinushi-Nakao et al., 2007; Ye et al., 2011). There is accumulating evidence that disruption of the dendritic arbor may also contribute to this disease, and may be an interesting angle at which to study Hereditary Spastic Paraplegia in the future.

The ER does not need to be physically malformed to contribute to neurological disease, as ER stress has been linked to several neurodegenerative conditions (Hetz and Mollereau, 2014; Plate and Wiseman, 2017; Martínez et al., 2018; McLaughlin et al., 2018; Morris et al., 2018). ER stress occurs when the amount of unfolded proteins in the ER reaches an unmanageable level, triggering the unfolded protein response (UPR) (Martínez et al., 2018). Many proteins in the UPR pathway have been linked to neurodegenerative diseases. For example, x-box protein 1 (XBP1) has been found to be neuroprotective in Drosophila expressing amyloid-β42 in neurons (Marcora et al., 2017). XBP1 is a downstream effector of IRE1, one of the triggers that initiates part of the UPR cascade upon sensing unfolded protein buildup in the ER (Wei et al., 2015). Interestingly, IRE1, which can initiate both cytoprotective and apoptotic cascades (Sano and Reed, 2013), has also been found in C. elegans to be required for proper dendritic arborization – implicating the UPR in not only neurodegeneration but neurodevelopment as well (Wei et al., 2015). This is supported by a recent finding that showed activation of XBP1 through IRE1 may promote developmental dendritic outgrowth through the transcriptional activation of BDNF (Saito et al., 2018). For a recent review on the molecular details of the UPR and its role in disease, see (Hetz and Kaufman, 2020).

Fragile X syndrome (FXS) is a clear example of how a neurological disorder could arise from dysregulation of protein synthesis. FXS results from a mutation in the fmr1 gene and is the leading inherited cause of ASD (Greenblatt and Spradling, 2018). The FXS mutation and subsequent silencing of the fmr1 gene prevents the production of FMRP (Fragile X Mental Retardation Protein), which normally regulates initiation of translation (Das Sharma et al., 2019; Liu et al., 2018). FMRP creates a complex with initiation proteins, including the aforementioned eIF4E, and then binds ribosomes to control translation of nascent protein (Das Sharma et al., 2019). Without FMRP, Arc becomes constitutively expressed, and overall translation is disinhibited (Park et al., 2008; Na et al., 2016). These molecular changes are thought to underlie disruptions in normal developmental dendritic pruning, as adult brains with FXS contain longer dendritic spines and more synaptic connections than average in both humans and mouse models (Grossman et al., 2006; Patel et al., 2014). In multiple animal models, loss-of-function mutations of FMRP cause an increase in terminal dendritic branches, and in Drosophila, overexpression of FMRP has been found to decrease dendritic branch number (Comery et al., 1997; Lee A. et al., 2003; Pan et al., 2004; Zhang and Broadie, 2005; Xu et al., 2008; Dahlhaus, 2018; Khayachi et al., 2018; Wang X. et al., 2018).

Disinhibition of Arc, causing over-active translation, may underlie the excess of synaptic connections found in fmr1 knock out brains. In rat pyramidal neurons, ∼13% of proteins enriched in “excitatory” synaptic terminals (those containing metabotropic glutamate receptors [mGluRs]) were definite targets of FMRP (Hafner et al., 2019). However, mGluRs are also involved in long term depression (LTD) of synapses. LTD requires well-timed protein synthesis in order to occur. Arc must be translated within five to ten minutes of experience for the excitatory AMPA receptors to be endocytosed and LTD to occur, but if Arc is constantly translated, its ability to signal LTD is extinguished (Park et al., 2008). Homeostasis is therefore attacked on two fronts: by the increased translation of proteins that encourage dendritic growth and synapse formation, and by the inability of the LTD process to naturally remove excess synapses. It is still unknown how the increase in branching and synaptic connections leads to the cognitive symptoms of FXS or what other, less visible consequences the overactive ribosomes may have on the cell. The widespread impact of the loss of FMRP – one ribosomal-associated protein – is a testament to the importance of protein synthesis in dendrites, only the first arm of the proteostasis system.



Protein Maintenance

Once proteins are synthesized, they commute to their work sites via the secretory pathway or are simply freed into the cytoplasm to carry out their duties. Post-translational modifications are largely responsible for adaptive protein responses to cell conditions and include acetylation, phosphorylation, methylation, SUMOylation, ubiquitination, ISGylation, nitrosylation, and ROS generation (Ren et al., 2014; Sambataro and Pennuto, 2017). All of these post-translational modifications are integral to dynamic control of protein activity, but are outside of the scope of this review. The protein maintenance section will chiefly focus on the role of chaperones in dendrites.

Protein structure is integral to function, thus a key component of protein maintenance is the modulation of protein folding through the action of chaperones. Chaperones are proteins that help other proteins to fold correctly. They can be found in the cytosol as well as organelles like the ER and mitochondria (Benitez et al., 2014; Brehme et al., 2014). Many chaperones are also heat shock proteins (Hsps) because of their upregulation during times of heat stress, and are commonly categorized by weight – an Hsp60 chaperone is approximately 60 kiloDaltons (kDa) (Garrido et al., 2012). A small subset of chaperones require ATP to function and are called chaperonins (Buxbaum, 2015). Chaperonins are further split into Group I – found in bacteria and mitochondria – and Group II – found in eukarya and archaea (Balchin et al., 2018; Figure 2). Chaperonins are capable of encompassing misfolded proteins and encouraging unfolding and refolding through chaperonin conformational cycling and hydrophobic residue interactions, whereas ATP-independent chaperones cannot themselves refold a protein, but can bind it to prevent it from damaging interactions with other proteins (Narberhaus, 2002). Because of this difference, chaperonins and ATP-independent chaperones are occasionally referred to as “foldases” and “holdases,” respectively (Garrido et al., 2012; Bakthisaran et al., 2015; Ali et al., 2016; Penke et al., 2018; Hipp et al., 2019).
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FIGURE 2. Venn diagram illustrating chaperone and co-chaperone families. Specific chaperones listed in this Venn diagram have been associated with regulatory effects on dendritic development and function.




Protein Maintenance in Dendritic Arborization

Protein maintenance is critical for neuronal processes: misfolded proteins must be cleared quickly before they cause damage and are either refolded or replaced. Chaperones are required from the beginning of dendritic development, as can be seen, for example, by disruptions in neurite differentiation under Hsp70 or Hsp90 knockdown conditions (Benitez et al., 2014; Miller and Fort, 2018). Hsc70, a non-heat-inducible form of Hsp70 may also be necessary for neurite differentiation. Mutations in the BAG2-Hsc70 chaperone complex was found to cause synaptic vesicles, normally located in the axon, to appear in the spines and processes of dendrites (Fukuzono et al., 2016). Chaperones contribute a great deal to cytoskeletal stability, which is especially important for neurons to sustain their complex processes (Table 2; Bakthisaran et al., 2015; Nefedova et al., 2015; Nefedova et al., 2017; Kelliher et al., 2019; Muranova et al., 2019; Vallin and Grantham, 2019; Muranova et al., 2020). Many chaperones are implicated specifically in axonal morphology: manipulation of several small heat shock proteins as well as Hsp70 and 90 was found to significantly decrease synapse number in Drosophila neuromuscular junctions (Santana et al., 2020), and an Hsp70 orthologue has been found to assist in polarized trafficking of synaptic vesicle proteins to axons (Fukuzono et al., 2016).


TABLE 2. Protein Maintenance Dendritic Phenotypes proteins involved in regulating protein maintenance cause a variety of dendritic phenotypes when manipulated.

[image: Table 2]While some chaperones have only been reported to affect axon morphology, others have been reported to affect only dendrites (Bartelt-Kirbach et al., 2016). The small heat shock proteins, Hspb5 and Hspb6, were found to increase dendritic complexity without altering axonal morphology when overexpressed in rat hippocampal neuron culture (Bartelt-Kirbach et al., 2016). Hspb5 and Hspb4, better known as αB-crystallin and αA-crystallin, make up the majority of lens protein in vertebrate eyes, and have both been found to stabilize the cytoskeleton – though Hspb4 has only been found to associate with intermediate filaments in rat retinal glia but not neurons (Bakthisaran et al., 2015; Zayas-Santiago et al., 2018).

The differing function between two such closely related chaperones is exemplary of the diversity of the small Hsp family. The small Hsp family is, ironically, one of the largest families of chaperones, with ten members in humans – HSPB1-10 – that all have diverse protein clients and are expressed in an array of tissues throughout the body, though most are expressed in the brain as well (Carra et al., 2012; Mymrikov et al., 2020). Traditionally thought of as chaperones that act as holdases to prevent protein aggregation in cell stress conditions, it has been discovered that several small Hsps contribute to proper dendritic arborization in homeostatic conditions (Narberhaus, 2002; Bakthisaran et al., 2015). Several small Hsps were found to physically interact with neurofilaments in vitro (Nefedova et al., 2017), and Hspb3 was found to distribute along neurofilaments in axons in mouse and chicken spinal motoneurons in vivo (La Padula et al., 2016). The phosphorylated forms of Hspb1 and Hspb5 associate with filamentous structures in both axons and dendrites, and mutations of Hspb1 have been found to cause cytoskeletal abnormalities, both in vitro and in vivo in mouse neurons (Schmidt et al., 2012; Lee et al., 2015; Sarparanta et al., 2020), though traditionally Hspb1 is associated with the axonal abnormalities underlying Charcot-Marie-Tooth disease (Miller and Fort, 2018; Muranova et al., 2019). More work needs to be done to uncover the role of small heat shock proteins in cytoskeletal maintenance and dendritic arborization.

Many other chaperones support dendritic development through maintenance of the cytoskeleton (Zheng et al., 2020). For example, the Hsp60 Chaperone Containing Tailless complex polypeptide-1 (CCT), is required to fold β-tubulin and actin (Brackley and Grantham, 2009; Sergeeva et al., 2014). In Drosophila CIV neurons, knockdown of CCT subunits CCT1 and 2 caused dendritic arbors to develop abnormally, with simplified, smaller arbors that contained significantly less F-actin and microtubules than controls (Das et al., 2017). Similarly, knockdown of Prefoldin 5 (Pfdn5), a component of the prefoldin co-chaperone complex, which is known to assist CCT in folding, also leads to reduction in microtubule density in CIV neurons (Tang et al., 2020). Hsp70 is also required for the development of lasting, stable dendritic arbors because it folds free tau, which is important for the stabilization of microtubules (Abisambra et al., 2013). Finally, sacsin, an enormous 520 kDa protein, has just been classified in the past decade as a chaperone because of its Hsp90 and DNAJ (Hsp40)-like domains which may function as chaperone and co-chaperone, respectively (Anderson et al., 2011). Sacsin is required for proper organization of neurofilaments in several types of neurons, including Purkinje and pyramidal neurons, and when mutated – as in the case of the hereditary disorder autosomal recessive spastic ataxia of the Charlevoix-Saguenay – leads to abnormal somatodendritic bundles of neurofilaments (Gentil et al., 2019; Larivière et al., 2019). The localization and mutation studies clearly indicate an important role of chaperones in forming and maintaining dendritic arbors.



Protein Maintenance in Cell-Type Specificity

Levels of chaperones fluctuate from tissue to tissue, as best exemplified through the small Hsp family. Hspb4 and 5 are found in high levels in the vertebrate eye lens, for example, whereas Hspb9 is only found in the testis (Mymrikov et al., 2011; Garrido et al., 2012). In a C. elegans screen of chaperones, Hsp70 showed broad expression, but a mitochondrial Hsp70 showed high expression in the intestine (Guisbert et al., 2013). Furthermore, chaperone level differences exist between cell types within the brain. In rat brain and spinal cord slices, Hsc70, a non-heat-dependent form of Hsp70, was found at higher rates in dopaminergic and motor neurons than in entorhinal cortical or hippocampal neurons (Chen and Brown, 2007). The variable levels of chaperones might mean that different cell types have variable reliance on their protein folding activities. For example, sacsin deficits have been found to cause more distinct neurofilament accumulations in certain cell types, and sacsin knockout mice displayed progressive cell loss of Purkinje neurons in the anterior cerebellar lobules at significantly greater levels than in Purkinje neurons in other cerebellar regions (Ady et al., 2018; Larivière et al., 2019). The observed differences could be due to higher cytoskeletal demands from neurons with complex arbors and thus greater sensitivity to cytoskeletal disorganization, and it has been speculated that the region-specific vulnerability of Purkinje neurons could be due to intrinsic cell qualities that differ from region to region, such as average firing rate (Ady et al., 2018; Larivière et al., 2019). However, cell-dependent reliance on chaperones could also be explained by chaperone-chaperone interactions or non-canonical homeostatic functions of chaperones.

Chaperone-chaperone interactions may contribute to cell-type differentiation. Chaperones can overlap in their “clientele,” as in the case of Hsp70 and CCT, which share seventy client proteins in common (Aswathy et al., 2016). Hsp70 has also been found to deliver clients to CCT and the two chaperonins have been shown to coordinate in folding large, multidomain proteins (Kim et al., 2013). In rat hippocampal cell culture, inhibition of Hsp90 led to Hsc70 re-localization from its usual subcellular location in proximal processes to the soma and distal axonal processes, where Hsp90 is normally found (Benitez et al., 2014), indicating that Hsc70 may change its location to compensate for the absence of Hsp90.

Small heat shock proteins are known to group together in hetero- and homo-oligomers, although the function of these oligomers is not yet known (Nefedova et al., 2015; Mymrikov et al., 2020). The interaction of chaperones may be the key to regulation of neuronal processes. Hspb6 has been found to act as a modulator of activity for other small Hsps in human cell culture (Weeks et al., 2018; Mymrikov et al., 2020; Santana et al., 2020). Furthermore, individual overexpression of Hsp23 or Hsp26 led to decreased number of synapses in the Drosophila neuromuscular junction, but combined overexpression of Hsp23 and Hsp26 together resulted in an increase in synapse numbers. From these surprising results and additional interactions with the novel kinase Pinkman, the authors hypothesize that Hsp23 and Hsp26 form a complex promoting synaptic formation and that the imbalance of the two chaperones may be the cause of synaptic dysregulation, rather than loss or gain of each individually (Santana et al., 2020).

Chaperones may also help regulate dendritic arborization in a manner apart from their canonical protein folding function. Many heat shock proteins have been found to have “moonlighting” roles in addition to their canonical protein folding duties (Jeffery, 2018). Some of these occur in separate environments, such as in the case of Hsp60 which acts as a mitochondrial chaperonin inside the cell, but as an Apo-lipoprotein A receptor on the membranes of human cultured hepatocytes (Jeffery, 2018; Bocharov et al., 2000). Some Hsps are even thought to be secreted from cells as anti-inflammatory agents (Edkins et al., 2018). Crystallins, long known for their chaperone activities in the lens of the eye, have also been found to have enzymatic functions (Fares, 2014; Jeffery, 2018).

Hsc70 performs both its canonical and moonlighting functions within the cytoplasm. In addition to its protein folding activities, Hsc70 has been found to bind to filamin-A interacting protein, which in turn binds to myosin IIb, an actin-binding protein which helps to regulate the shape a dendritic spines – in effect, Hsc70 promotes dendritic spine elongation through this pathway (Yagi et al., 2017). Additionally, the chaperone function of Hsp27 has been found to be dependent on its phosphorylation state which impacts its ability to form large homo-oligomers made up of other Hsp27 proteins. In Hsp27 knockout and phosphomimetic conditions, cultured rat neurons grew significantly fewer neuritic processes, implicating the phosphorylation state of Hsp27 in axonal and dendritic arbor formation (Williams and Mearow, 2011). Phosphorylation also affects the subcellular localization of Hspb1 and Hspb5, which moved from the soma to the dendrites and neuronal processes, respectively, when phosphorylated (Schmidt et al., 2012). This is especially interesting given that phosphorylated forms of small heat shock proteins have been shown to be less effective as chaperones in in vitro studies (Schmidt et al., 2012), supporting the idea that chaperone moonlighting may contribute to cell-specific support of diverse dendritic arbors.



Protein Maintenance in Cell Stress

Because of the dependence on cytoskeletal proteins for the maintenance of their dendritic arbors, there are some indications that neurons with large dendritic arbors may be particularly susceptible to the effects of cell stress, particularly heat shock (Dalle-Donne et al., 2001; Klose and Robertson, 2004). Without properly organized microtubules, actin, and neurofilaments, the dendritic and axonal arbors cannot be maintained (Kelliher et al., 2019). Cell stress has been shown to prevent proper maintenance of dendritic arbor and spine morphologies (Klose and Robertson, 2004; Nie et al., 2015), and in C. elegans, heat shock in adolescence has been shown to alter neuronal morphology (Hart, 2019). Therefore, chaperone-mediated maintenance of the dendritic arbor is especially important in times of neuronal stress.

Many, but not all chaperones are Hsps, named for their upregulation during heat stress. The increased numbers of Hsps is thought to combat higher levels of misfolded proteins during cell stress, and promote cell health (Miller and Fort, 2018). Hsps can be neuroprotective against cell death, as in the case of members of the Hsp70 family (HSPA1A and HSPA6), which when knocked down decreased cell viability in differentiated human neuronal cells undergoing heat shock (Deane and Brown, 2018). Upregulation of Hsps can also rescue morphology, as in the case of small Hsp23. When Hsp23 was overexpressed Drosophila muscle cells, it was able to prevent heat shock-induced axonal degeneration of the connected motor neurons (Kawasaki et al., 2016). The presence of Hsps during heat shock can even protect against dysregulation of cell dynamics. For example, boutons in the Drosophila neuromuscular junction fail to release neurotransmitter during heat shock, but overexpression of Hsp70 can rescue boutons and enable neurotransmitter release to continue (Klose and Robertson, 2004). It must be noted that these examples are all involving axons and uncategorized neurites, and the neuroprotective effects of Hsps in dendrites is in need of further research.

Heat shock is not the only type of cellular stress that can upregulate Hsp expression (Mymrikov et al., 2011; Schmidt et al., 2012; Chaari, 2019; Hu et al., 2019). Hsp70, for example, has been used as a marker of cell stress in epilepsy (Hu et al., 2019), and the upregulation of Hsp70 in these conditions is not without good reason: high expression of Hsp70 has been found to be neuroprotective in rat motoneurons experiencing excitotoxicity (Shabbir et al., 2015). Other neuronal stressors leading to the activation of heat shock proteins can include oxidative stress (Mymrikov et al., 2011; Fukui et al., 2019), hypoxia (Schmidt et al., 2012), and ER stress (Ryoo et al., 2007; Xu et al., 2011).

ER stress can induce apoptosis, and even under mild conditions of ER stress, neurite differentiation and dendritic length are disrupted (Kawada et al., 2014). As mentioned in section “Protein Synthesis Linked to Neurological Disease,” the UPR is an adaptive cell response to ER stress, which in part involves the triggering of IRE1 and subsequent activation of XBP1. XBP1 activation was found to upregulate ER DnaJ/Hsp40 (a co-chaperone to Hsp70) expression in mouse fibroblasts undergoing ER stress, and another UPR factor, ATF6, is thought to recruit BiP (an ER-specific Hsp70) in times of ER stress (Lee A.-H. et al., 2003). These ER chaperones and co-chaperones are necessary to stave off the high levels of ER stress which can lead to apoptosis. Another ER chaperone, valosin-containing protein (VCP), was found to be necessary for dendritic pruning in Drosophila (Rumpf et al., 2011). Mild inhibition of VCP caused ER stress and suppressed developmental dendritic pruning, while strong VCP inhibition caused severe dendritic morphology defects and cell death (Rumpf et al., 2011). It is possible that the connections between ER stress and chaperone response are not only neuroprotective defenses against apoptosis, but perhaps part of a larger molecular cascade regulating the dendritic arbor (Martínez et al., 2018).



Protein Maintenance in Disease

The ability of chaperones to refold misfolded proteins and disassemble protein aggregations implicates them in most proteinopathic diseases, as well as neuropathies. In select cases, mutations in the chaperone proteins themselves appear to contribute to disease etiology. For example, mutations in HSPB1, 3, and 8 are associated with Charcot-Marie-Tooth Disease (Mymrikov et al., 2011) and mutations in HSPB8 are also associated with hereditary spastic paraplegic neuropathy (Mymrikov et al., 2011), two diseases associated with axonal degeneration. Subunits four and five of the CCT complex have also been causatively linked to hereditary spastic paraplegic neuropathy; mutations in subunit five (CCT5), specifically, are the most likely candidates in causing mutilating hereditary sensory neuropathy with spastic paraplegia in a Moroccan family with the condition (Bouhouche et al., 2006; Sergeeva et al., 2014; Pavel et al., 2016). It is interesting to note that although the CCT mutations are body-wide, the effects specifically manifest in motor neurons – this, despite the fact that CCT is ubiquitously expressed in all tissues, not concentrated in neural tissue (Mymrikov et al., 2011; Guisbert et al., 2013; Hu et al., 2019). Although these examples are of mutations which cause symptoms to arise because of degeneration of the axon, there are less obvious disease links to dendritic arbor malformation. For example, in a genetic screen of mutations associated with schizophrenia and ASD, 16% of the genes screened were found to be required for proper dendritic morphology in C. elegans (Aguirre-Chen et al., 2020). Additionally, though the symptoms of autosomal recessive spastic ataxia of the Charlevoix-Saguenay are mainly due to axonal deformities, the underlying mutation of the sacsin chaperone also results in neurofilament bundling in dendrites (Anderson et al., 2011; Gentil et al., 2019; Larivière et al., 2019). The effects of dendritic arborization deficits in these rare diseases may have been previously overshadowed by the dramatic axonal effects, and should be examined in future studies.

Disruptions in protein maintenance also seem to predispose brains to neurodegenerative disease. For example, protein maintenance machinery has been found to decrease in aged brains (Brehme et al., 2014), and has thus been implicated in age-related proteinopathies such as AD and PD. CCT levels are depressed in AD patients and select subunits have also been found to be under-expressed in brains with Down syndrome, a condition known to be highly correlated with early onset AD (Aswathy et al., 2016). CCT has also been shown in vitro to inhibit the assembly of α-synuclein – as have Hsp70 and some Hsp40 co-chaperones (Aprile et al., 2017; Sot et al., 2017). α-synuclein is the aggregating protein found in the Lewy bodies of some neurodegenerative diseases such as PD (Sot et al., 2017). Though traditionally reported to aggregate in the soma and axons of neurons, it was recently found that expression of human α-synuclein in mouse cortical neurons localized to the soma and dendrites of Layer V cortical neurons and caused them to show increased dendritic spine density (Lim et al., 2020; Wagner et al., 2020). This finding runs counter to previous work stating that overexpression of α-synuclein in the cortex causes dendritic spine loss and dendritic arbor malformation in Layer V neurons (Blumenstock et al., 2017). However, since these studies were performed in younger and older mice, respectively, the findings together could indicate age-dependent dendritic effects of α-synuclein expression, perhaps underlying some of the symptoms of PD. Hsc70, Hsp27 and the mitochondrial chaperone, TRAP1, are also implicated in different hereditary forms of PD (Fukuzono et al., 2016; Brunelli et al., 2020; Vicente Miranda et al., 2020).

Chaperones are of particular interest to those studying proteinopathies and their devastating neurological effects (Smith et al., 2015). Protein aggregations are thought to be particularly for neurons because of the demands of maintaining axonal and dendritic arbors (Lim and Yue, 2015), and neurodegenerative diseases usually cause changes in dendritic morphology (Penke et al., 2018). Hsp70 has been found to co-localize with Ab plaques (Broer et al., 2011). Co-chaperones have also been explored for their contribution to proteostasis in disease. DNAJB6, an Hsp40 co-chaperone, was recently found to help regulate ataxin poly Q aggregates (Molzahn and Mayor, 2020; Thiruvalluvan et al., 2020).

CCT is widely reputed to associate with, disaggregate, or otherwise reduce toxicity of mutant huntingtin protein aggregates (Tam et al., 2006; Brackley and Grantham, 2009; Aswathy et al., 2016; Chen et al., 2018). A recent study has confirmed that CCT works to prevent formation of mutant huntingtin aggregates in adult mouse neural progenitor and stem cells (NPSCs), but more excitingly, the research implicates a balance of chaperones that work to attenuate the damages of aggregations in multiple ways over the course of cell differentiation and development. It was discovered that CCT and small Hsp levels are inversely regulated – CCT more highly expressed in NPSCs and Hspb5 more highly expressed in differentiated neurons. CCT works in the prevention of aggregates in NPSCs, but Hspb5 works in the sequestration of aggregates in differentiated neurons: all of this indicating that neurons may have developmentally regulated responses to protein aggregation, delineated by “foldase” and “holdase” chaperone properties (Molzahn and Mayor, 2020; Vonk et al., 2020).

Given their associations, upregulation of chaperones could prove to be neuroprotective, and chaperones have been targeted as potential neuroprotective agents for therapeutic interventions. There has been a recent boom in the literature of chaperone-as-medicine techniques – in 2018 the Philosophical Transactions of the Royal Society B devoted an entire themed issue to “heat shock proteins as modulators and therapeutic targets of chronic disease” (Edkins et al., 2018). Although generally the upregulation of chaperones has been found to be beneficial in fighting neurodegenerative diseases (Smith et al., 2015), counterintuitively, loss-of-function experiments with CCT subunits as well as an Hsp40 member was found to be neuroprotective in a C. elegans model of Aβ toxicity (Khabirova et al., 2014). Similarly, application of 17-AAG, which inhibits Hsp90, rescued dendritic spine loss from Aβ-induced degradation in mice (Chen et al., 2014; Smith et al., 2015). Despite these findings, the literature generally points towards a neuroprotective effect of chaperone overexpression, so several avenues have been explored in using chaperones to alleviate neurodegenerative disease (Dar et al., 2020). In primary neuronal mouse cultures with human tau mutations, application of YM-01 was used to chemically induce Hsc70 affinity for free (non-microtubule-bound) tau, leading to lower levels of the free tau, which can cause tangles within the cytoplasm (Abisambra et al., 2013). Applications of 1,4-dihydropyridine derivatives have also been used in attempts to increase levels of heat shock proteins by inducing cellular stress in mouse models of Alzheimer’s (Kasza et al., 2016). Unfortunately, the side effects of pharmacologically stimulating chaperones en masse in the brain are likely to be numerous. Hsp90 antagonists like geldanamycin have been used in clinical trials for treatment of cancer, with subjects reporting side-effects such as pain and fatigue, which may be explained by work showing that geldanamycin impairs neurite growth and cytoskeletal maintenance (Migita et al., 2019). So far, no “chaperonotherapies” have been approved for treatment of neurodegenerative diseases. However, Arimoclomol, a drug which stimulates expression of Hsp70, recently came through Phase II human clinical trials for Amyotrophic Lateral Sclerosis (ALS) with encouraging results, and is on schedule to finish Phase III trials by 2021 (Lanka et al., 2009; Elliott et al., 2020; Orphazyme’s arimoclomol receives US Fast Track Designation in Amyotrophic Lateral Sclerosis, 2020).



Protein Degradation

The final arm of the protein quality control system is protein degradation. Cellular homeostasis is achieved in part through the Ubiquitin Proteasome System (UPS), the endosome-lysosome (endolysosomal) degradation pathway, and autophagy, which are involved in protein degradation and are important not only for ridding the cell of unsalvageable misfolded proteins, but also for producing new materials by recycling protein components (Clark et al., 2018; Gerónimo-Olvera and Massieu, 2019). There is high crossover and cooperation between these systems: all three rely on ubiquitination, and all three conventionally end in fusion with a lysosome, though autophagosomes and endosomes can also fuse during trafficking (Tooze et al., 2014; Jin et al., 2018).

The UPS is used by cells to clear soluble proteins from the cytoplasm; these can be misfolded, malfunctioning proteins or even correct conformations that are simply not needed in the cytosol at the time (Ciechanover and Kwon, 2017; Kocaturk and Gozuacik, 2018). The unwanted proteins are ubiquitinated, or tagged with small ubiquitin molecules, through a process involving several enzymes (E1 through E3) (Hamilton and Zito, 2013; Kocaturk and Gozuacik, 2018). E1 is known as a ubiquitin activating enzyme, and is the enzyme that uses ATP to “activate” a ubiquitin tag. E1 then passes the ubiquitin onto E2. E2 transfers the ubiquitin to the E3 ligase – already bound to the protein target – and finally the E3 ligase transfers the ubiquitin tag to the target protein itself (Hamilton and Zito, 2013; George et al., 2018). This cycle may be repeated and more ubiquitin tags added to the first. The ubiquitinated proteins are then degraded by lysosomes or proteasomes or otherwise regulated depending on the organization of the polyubiquitination (Hamilton and Zito, 2013). Endolysosomal degradation also begins with ubiquitination, though normally of membrane proteins, which are then endocytosed and fused with early endosomes. Early endosomes then mature into multivesicular bodies, then finally to late endosomes which fuse to lysosomes (Jin et al., 2018; Zhang et al., 2014).

Autophagy, as in the other two degradative pathways, often begins in ubiquitination. However, the final location of proteins varies between UPS, endolysosomal degradation, and autophagy: UPS-mediated degradation results in proteasomes breaking down proteins, while in autophagy and endolysosomal degradation, lysosomes are often responsible for recycling the waste (Kocaturk and Gozuacik, 2018). Additionally, UPS is a highly specific system that primarily degrades single cytosolic proteins, whereas autophagy can degrade a wider variety of cytosolic substances as well as membrane proteins, which, as previously mentioned, are also degraded via endolysosomal pathways (Jin et al., 2018; Kocaturk and Gozuacik, 2018; Gerónimo-Olvera and Massieu, 2019). Since this can involve breakdown of organelles, proteins, or parasitic invaders, there are many selective forms of autophagy named for their targets, such as mitophagy (mitochondrial autophagy) and even proteaphagy (proteasome autophagy) (Yang and Klionsky, 2009; Yang et al., 2013; Kocaturk and Gozuacik, 2018; Fang et al., 2019).

There are three main types of autophagy: macro-, micro-, and chaperone-mediated autophagy (Yue et al., 2009; Gerónimo-Olvera and Massieu, 2019). In general, autophagy is the process by which cytosolic matter is transported to lysosomes to be broken down. Macroautophagy involves the creation of autophagosomes, which engulf the targets in membrane and contain them during transport to the lysosome (Maruzs et al., 2019).

Chaperones can also capture and transport misfolded proteins to the lysosome in a process called chaperone-mediated autophagy (Ciechanover and Kwon, 2017). Hsp70 is known to mediate disassembly of protein aggregates in this manner (Fukuzono et al., 2016; Ciechanover and Kwon, 2017). Chaperones not only can correct misfolded proteins but can disassemble aggregations and initiate UPS and autophagic pathways (Mymrikov et al., 2011; Fukuzono et al., 2016; Kasza et al., 2016; Pavel et al., 2016; Ciechanover and Kwon, 2017; Chaari, 2019). While they may or may not participate in physically transporting misfolded proteins to lysosomes, other chaperones - including CCT, Hspb6, and Hspb8 - are implicated in positively regulating autophagy (Mymrikov et al., 2011; Pavel et al., 2016).

Finally, microautophagy occurs when the lysosomes directly capture and break down cytosolic content (Yue et al., 2009). This wide variety of autophagic sub-systems is fascinating, and each component is individually important for proteostasis. However, generally, the word autophagy refers to macroautophagy, and that is how the term will be used for the remainder of this review.



Protein Degradation in Development and Maintenance of Dendritic Arbors

Protein degradation, like the other arms of protein quality control, is crucial for dendritic arbor formation and maintenance. Neurons are post-mitotic and thus cannot clear cellular waste through division (Son et al., 2012; Maday et al., 2014; Ciechanover and Kwon, 2017). Additionally, autophagy is especially important for degradation of long-lived proteins (Kocaturk and Gozuacik, 2018), which are often found in the brain (Alvarez-Castelao and Schuman, 2015) and membrane proteins, which are integral to the function of neuronal synapses (Hamilton and Zito, 2013).

Loss-of-function studies of components of the UPS have been found to disrupt dendritic development. Knockdown of Ube3A, an E3 ligase, was found to reduce dendritic arborization in Drosophila neurons, and mutations of Ube3A are associated with Angelman Syndrome (AS), discussed in section “Protein Degradation and Disease” (Lu et al., 2009; Hamilton and Zito, 2013). Knockdown of SkpA, an adaptor protein of the SCF (Skp-1-Cullin-F-box) E3 ubiquitin ligase complex, causes increased branching in Drosophila larval CIV neurons, and is later implicated in CIV neurons for regulating dendritic pruning at the pupal stage, discussed more in section “Protein Degradation in Neuronal Dynamics” (Wong et al., 2013; Das et al., 2017; Nanda et al., 2018).

Distinctions have been noted in the mechanisms and activity of protein degradation between axons and dendrites, and these differences may be important for developing and maintaining compartmentalization in the neuron. For example, the Anaphase Promoting Complex (APC) is a large E3 complex that ubiquitinates target proteins for UPS, and has been found to negatively regulate axonal growth through activation of downstream transcription factors; however, APC was also found to positively regulate dendritic growth and arborization (Konishi et al., 2004; Kim et al., 2009; Hamilton and Zito, 2013). Highwire, another E3 ubiquitin ligase has been found to have similar regulatory capabilities (Table 3; Wang et al., 2013). There are also differences in autophagosome transport in axons and dendrites that indicate compartmentalization of autophagosome activity. Autophagosomes are often formed in axons before being transported to the soma (Yue et al., 2009; Hernandez et al., 2012; Maday and Holzbaur, 2016). In primary mouse hippocampal cell culture, 80% of all counted autophagosomes were formed in the distal tip of the axon before moving retrograde to the cell body, where they were held before forming autolysosomes. Meanwhile, dendritic autophagosomes primarily remained stationary, and the few that moved did so bidirectionally on the dendritic arbor (Maday and Holzbaur, 2014). Based on these patterns of movement, and common mixed polarity microtubule organization in mammals, it appears that autophagosome transport is dependent on microtubules and retrograde motors, such as dynein (Yang et al., 2013; Maday and Holzbaur, 2014, 2016). Endosomes, which also appear to depend on dynein for transport, have been found to traffic bidirectionally in dendrites, as have lysosomes (Satoh et al., 2008; Jin et al., 2018; Yap et al., 2018). The movement of endosomes is also dependent on the small GTPase Rab11 (Park et al., 2006). Furthermore, locations of lysosomes, endosomes, and autophagosomes throughout the dendritic arbor differ. For example, early endosomes were found to be abundant in the medial and distal dendrites of rat hippocampal neurons, whereas lysosomes tended to concentrate closer to the soma in the proximal dendrites (Yap et al., 2018). The small GTPase Rab5, a component of the early endocytic pathway, has been shown to associate with cytoplasmic Dynein to promote dendritic branching (Satoh et al., 2008). Furthermore, components of the endosomal sorting complex required for transport (ESCRT) machinery have been implicated in regulating dendritic growth (Sweeney et al., 2006; Firkowska et al., 2019). Finally, the recycling endosome marker Rab11 has been implicated in proper dendritic arbor formation in Drosophila larvae and rat hippocampal neurons (Krämer et al., 2019; Siri et al., 2020).


TABLE 3. Protein Degradation Dendritic Phenotypes proteins involved in regulating protein degradation cause a variety of dendritic phenotypes when manipulated.

[image: Table 3]There is also a lack of consensus as to whether an increase in autophagic activity positively or negatively regulates dendritic growth (Son et al., 2012). In Drosophila, knockdown or overexpression of autophagic components leads to simplification or increased branching, respectively, in the axonal neuromuscular junction (Shen and Ganetzky, 2009; Hernandez et al., 2012). However, in Drosophila sensory neurons, both knockdown and overexpression of autophagy (Atg) genes results in simplified arbors, which indicates that proper dendritic development requires carefully modulated levels of basal autophagy in homeostasis (Clark et al., 2018). In mammals, decreased autophagy can lead to increased spine density but a decrease in total dendritic length via shortening of the apical dendrite in mouse dentate gyrus neurons (Schäffner et al., 2018) – whether that is an overall increase or decrease in arbor complexity is unclear. When the autophagy of mitochondria – known as mitophagy – is manipulated in neurons, it can have effects on dendritic growth, though in what way depends on the stage of neuronal development (Brot et al., 2014).

The mixed findings may be partially due to experimental methods of autophagic induction. A common method of inducing autophagy is rapamycin, which inhibits mTOR (mammalian target of rapamycin) activity, thus disinhibiting autophagy and increasing the number of autophagosomes (Hernandez et al., 2012; Yang et al., 2013). However, the mTOR complex phosphorylates multiple kinases as well as transcription and growth factors, and inhibition of this complex may have off-target effects (Mitra et al., 2009; Lamming, 2016). Additionally, there are many studies which use starvation or other methods of induction that are not specific to just autophagy in order to examine the effects of autophagy (Brot et al., 2014; Gerónimo-Olvera and Massieu, 2019; Zhou et al., 2019). For example, tunicamycin was used to induce ER stress and, indirectly, autophagy in an experiment designed to examine the effects of autophagic flux on dendritic arbors in primary rat neuronal culture (Zhou et al., 2019). While these methods do increase autophagic action, it may be that there is no consensus on the effects of autophagic disruption in axonal and dendritic arbors because of the diversity of autophagic induction methods and the varying off-target effects of those methods (Son et al., 2012; Maday et al., 2014; Clark et al., 2018; Gerónimo-Olvera and Massieu, 2019).



Protein Degradation in Neuronal Dynamics

Protein degradation systems are required in neurons to form proper dendritic arbors. One particular way in which UPS contributes to the dynamic dendritic arbor is through pruning (Yu and Schuldiner, 2014). Pruning is a developmentally timed removal of dendritic and axonal branches, such as in humans during childhood or in Drosophila in preparation for metamorphosis (Tang et al., 2014; Yu and Schuldiner, 2014); however, similar processes can also facilitate the removal of dendritic processes and spines as a response to LTD (Piochon et al., 2016).

UPS, autophagy, and the endolysosomal pathway are required for developmental dendritic pruning, and thus for final dendritic arbor shape (Hamilton and Zito, 2013; Yu and Schuldiner, 2014). UPS inhibition leads to defects in dendritic severing, and both DIAP1 (a Drosophila E3 ubiquitin ligase) and SCF (another E3 ubiquitin ligase) are required for developmental dendritic pruning in Drosophila (Rumpf et al., 2011; Wong et al., 2013; Yu and Schuldiner, 2014). Autophagy, too, is required for developmental dendritic pruning: knockout of Atg7 – which has also been reported to selectively disrupt axonal formation – reduced spine elimination without affecting spine formation in mouse hippocampal cell culture (Tang et al., 2014). The SCF E3 ubiquitin ligase complex, comprised of cullin1, Roc1a, SkpA, and slimb is required for dendritic pruning of Drosophila CIV neurons at the pupal stage whereas knockdown of SkpA results in supernumerary growth and branching of CIV dendritic arbors at the larval stage (Wong et al., 2013; Kanamori et al., 2015a; Das et al., 2017; Nanda et al., 2018). Finally, the endolysosomal pathway also affects dendritic pruning and arbor shape. Loss of Rab5 and ESCRT proteins cause dendritic pruning defects through disrupting the endocytosis of the cell adhesion molecule, neuroglian (Zhang et al., 2014). It has also been found that Rab5 and dynamin – two more GTPases involved in the endolysosomal pathway – are required not only for the dendritic thinning that precedes detachment during developmental pruning in Drosophila CIV neurons, but also for the calcium transient currents that appear during the pruning process. The mechanism by which this occurs is still unknown, but the finding indicates that the endolysosomal pathway is not simply clearing dendritic membrane to promote pruning, but may also be actively involved in the signaling pathway that determines which processes are removed (Kanamori et al., 2015b).

Ubiquitin-proteasome system and autophagy have been well-established as an integral part of LTD (Hamilton and Zito, 2013; George et al., 2018; Mabb and Ehlers, 2018), but the mechanisms are still unknown. There are some studies which indicate that dendritic autophagy and UPS are required for NMDA-mediated LTP through removal of AMPA receptors (Lin et al., 2011; Shehata et al., 2012; Donovan and Poronnik, 2013; Tang et al., 2014; Goo et al., 2017; Gerónimo-Olvera and Massieu, 2019; Yang, 2020). Nedd4, an E3 ubiquitin ligase, was found to ubiquitinate AMPA receptors and facilitate their endocytosis (Lin et al., 2011). In cultured rat hippocampal neurons, chemical induction of LTD with low-dose NMDA led to a concurrent increase of autophagosomes and degradation of AMPA receptor subunit, mGluR1 (Shehata et al., 2012).

Other studies have indicated that degradative pathways play an important and perhaps unexpected, role in LTP as well as LTD. Recycling endosomes, which break down membrane proteins in preparation for re-use by the cell, were found to be required for LTP in rat hippocampal slices, in a Rab11-dependent manner (Park et al., 2006). This study – which also found that recycling endosomes were exocytosed at higher rates following LTP stimulation – is perhaps explained by research which has shown that recycling endosomes function in non-canonical anterograde trafficking of AMPA receptor subunit GluA1 as part of the secretory system (Park et al., 2006; Tang, 2008; Bowen et al., 2017). Rab11 knockdown has also been separately confirmed to cause reduction in dendritic spine number as well as attenuated response to LTP in rat hippocampal slices (Siri et al., 2020). UPS is also implicated in LTP: inhibition of proteasomes caused a decrease in stimulus-evoked dendritic spine growth in hippocampal slice cells (Hamilton et al., 2012; Hamilton and Zito, 2013). Other work in rat hippocampal cultures has indicated that inhibiting lysosomes causes loss of excitatory synapses (Goo et al., 2017). Furthermore, hippocampal spine density increased after knockdown of E3 ubiquitin ligase HRD1 in rat neuronal cell cultures (Saldate et al., 2018). Though perhaps paradoxical on first glance, it is likely that UPS facilitates both LTD and LTP through complex ubiquitin signals (Mabb and Ehlers, 2018; Yun et al., 2018). Interestingly, the ubiquitination and degradation of Arc, the immediate early gene discussed in section “Protein Synthesis and Plasticity,” may inhibit AMPA receptor endocytosis; the net effect being that the UPS ceases LTD through Arc inhibition (Mabb and Ehlers, 2018). Though the exact mechanisms are still incompletely understood, the contribution of protein degradation systems to dendritic pruning and dynamic spine regulation are undeniable.



Protein Degradation and Disease

Apart from dynamic changes of dendritic spine morphology, protein degradation systems are also involved in response to injury. Axonal Wallerian degeneration relies on autophagy, and although dendrites can be rapidly dismantled, it does not appear to occur through the same mechanisms as in axons, so autophagy may not be used in dendritic degeneration in the same way (Tao and Rolls, 2011; Yang et al., 2013). In mouse models with induced traumatic brain injuries, proteasomal activity decreased in the general area of injury, while autophagic markers increased; however, there is still some debate as to whether autophagy and UPS are neuroprotective or neurotoxic in cases of dendritic and axonal injury or ischemia (Yang et al., 2013; Feldmann et al., 2019; Gerónimo-Olvera and Massieu, 2019). Though it is still unclear how the two degradative subsystems interact, research indicates that they cooperate with one another in select situations (Yue et al., 2009; Feldmann et al., 2019). For comprehensive reviews on UPS-autophagy interactions see Lilienbaum (2013) and Kocaturk and Gozuacik (2018).

Like the other two arms of proteostasis, protein degradation is widely studied in neurodegenerative disease. E3 ubiquitin ligases, for example, have been linked to a wide range of neurodegenerative diseases; for a thorough review see George et al. (2018). Alterations to protein degradation have been implicated in a broad spectrum of neurodegenerative conditions including PD, HD, Multiple Sclerosis and ALS (Mitra et al., 2009; Koch et al., 2015; Albert et al., 2017; Mitsui et al., 2018). UPS and autophagy have become increasingly pursued areas of study in conjunction with neurodegenerative and protein aggregation diseases (George et al., 2018; Kabir et al., 2020; Kumar et al., 2020; Lambert-Smith et al., 2020; Lim et al., 2020; Papanikolopoulou and Skoulakis, 2020; Tundo et al., 2020).

The majority of research indicates that autophagic processes are neuroprotective, and disease-related dysfunction of autophagy contributes to or even causes neuronal degeneration (Yue et al., 2009; Yang et al., 2013; Deng et al., 2015; Koch et al., 2015; Albert et al., 2017; Beltran et al., 2019; Duan et al., 2019; Renaud et al., 2019). In ALS, for example, increased autophagy may help to clear mutant SOD1 protein and contribute to stalled degeneration of neurites in a human motor neuron cell culture model of familial ALS (Wu et al., 2019). Another instance of the neuroprotective function of autophagy is in PD models, with a recent study concluding that blockage of autophagic function causes increased levels of misfolded protein aggregation in human cell culture with induced human α-synuclein aggregates (Gerónimo-Olvera and Massieu, 2019). For recent reviews of the role of protein degradation systems in neurodegenerative disease see Kabir et al. (2020), Kumar et al. (2020), Lim et al. (2020).

The role of dendritic and spine morphology in the etiology of neuropsychiatric disorders is certainly not clear, but dysfunction of UPS and autophagy mechanisms have been linked to such disorders and are known to facilitate correct dendritic architecture. Nedd4, previously discussed for its role in AMPA receptor endocytosis, is an E3 ubiquitin ligases which facilitates proper formation of the dendritic arbor through ubiquitination of Rap2A (Donovan and Poronnik, 2013; Hamilton and Zito, 2013). Recently, single-nucleotide polymorphisms of the Nedd4 gene have been linked to schizophrenia (Han et al., 2019). For an excellent summary of neurological disorders associated with dendritic spine abnormalities see (Chidambaram et al., 2019).

Many single-nucleotide polymorphisms associated with ASD symptoms are connected to failures in the autophagic and UPS systems (Bowling and Klann, 2014; Tang et al., 2014; Devitt et al., 2015; Louros and Osterweil, 2016). ASD symptomology is linked with dendritic overgrowth and increased density of spines (Hamilton and Zito, 2013; Louros and Osterweil, 2016). ASD has also been connected to instances when the E3 ubiquitin ligase UBE3A gene is duplicated or triplicated, which leads to increases in spine density (Yi et al., 2015). Dysregulations of autophagy are also associated with ASD, as knockdown of Atg7 in microglia increased the number of somatosensory dendritic spines and caused ASD-like behavioral phenotypes to appear in mice (Kim et al., 2017). Conversely, deficiency of Ube3A is etiologically linked to AS with characteristic decreases in dendritic spine density thought to be caused by disinhibition of the PP2A phosphatase (Wang J. et al., 2019; Wang T. et al., 2019).

Though earlier discussed as a result of protein synthesis dysfunction, research implicates autophagy in Fragile X forms of ASD as well: hippocampal mouse neurons with no FMRP showed overactivation of mTORC1 – an autophagy inhibitor – causing the Fragile X model neurons to over-translate and under-degrade protein (Yan et al., 2018). These findings highlight both independent and interacting roles of proteostasis arms as checkpoints that must coordinately function in order to maintain a healthy cellular environment. It is an excellent example of the ways in which each arm of proteostasis is not only independently required, but work as a check on the other arms in order to maintain a healthy cellular environment.



DISCUSSION

Each arm of proteostasis – translation, maintenance, and degradation – is essential to maintaining the “status quo” of homeostasis in dendrites. However, these important molecular components should not be relegated to the category of “housekeeping” proteins. They participate in neuronal cell dynamics like dendritic spine remodeling and LTP/LTD as well as developmentally vital processes such as neurite outgrowth and cell-type specification. Ribosomes, chaperones, and the ubiquitin proteasome and autophagy systems are all heavily studied in relation to neurodegenerative disease. There is a newly revived interest in using endogenous proteostatic mechanisms to combat the neurobiological signs of disease; researchers are eager to overexpress or stimulate proteins that show decreased levels with age or disease. However, in many cases of neurodegeneration, the lowered expression of a protein may not be a cause of protein aggregation, but rather a symptom of the same molecular cascade which created the root problem. Protein aggregation itself, of course, can be a symptom of a problem higher in the chain, and one can see from reports of plaques and tangles in “normal” aging brains that aggregation itself is not the single cause of cognitive decline (Guillozet et al., 2003). The necessity of discovering the roles and interactions of the many players of protein quality control in healthy cells cannot be overstated. While molecular research of pathological states is incredibly important, and may lead us more quickly to discoveries that alleviate symptoms and slow progression, true understanding of the homeostatic mechanisms of these vital proteostatic processes may be the only route we have to a true molecular solution.
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Dendritic morphology is inextricably linked to neuronal function. Systematic large-scale screens combined with genetic mapping have uncovered several mechanisms underlying dendrite morphogenesis. However, a comprehensive overview of participating molecular mechanisms is still lacking. Here, we conducted an efficient clonal screen using a collection of mapped P-element insertions that were previously shown to cause lethality and eye defects in Drosophila melanogaster. Of 280 mutants, 52 exhibited dendritic defects. Further database analyses, complementation tests, and RNA interference validations verified 40 P-element insertion genes as being responsible for the dendritic defects. Twenty-eight mutants presented severe arbor reduction, and the remainder displayed other abnormalities. The intrinsic regulators encoded by the identified genes participate in multiple conserved mechanisms and pathways, including the protein folding machinery and the chaperonin-containing TCP-1 (CCT) complex that facilitates tubulin folding. Mutant neurons in which expression of CCT4 or CCT5 was depleted exhibited severely retarded dendrite growth. We show that CCT localizes in dendrites and is required for dendritic microtubule organization and tubulin stability, suggesting that CCT-mediated tubulin folding occurs locally within dendrites. Our study also reveals novel mechanisms underlying dendrite morphogenesis. For example, we show that Drosophila Nogo signaling is required for dendrite development and that Mummy and Wech also regulate dendrite morphogenesis, potentially via Dpp- and integrin-independent pathways. Our methodology represents an efficient strategy for identifying intrinsic dendrite regulators, and provides insights into the plethora of molecular mechanisms underlying dendrite morphogenesis.

Keywords: CCT chaperonin, microtubule, dendrite morphogenesis, genetic screen, Drosophila


INTRODUCTION

Appropriate dendritic morphology is critical for neurons to build circuits and to receive and integrate stimulations. Aberrant dendritic arborization impairs circuit function and is correlated with neurological and neurodevelopmental disorders, such as schizophrenia, Down’s syndrome, fragile X syndrome, and autism spectrum disorders (Jan and Jan, 2010). Various intrinsic factors are required for dendrite morphogenesis (Puram and Bonni, 2013; Dong et al., 2015). For instance, transcription factors can specify neuronal types and direct dendritic morphology, cytoskeletal and motor proteins provide structural support and are the basis for intracellular transport of cargos that control dendrite growth, and secretory and endocytic pathways can shape dendritic arborization. However, the overall program that establishes dendritic arbors remains incompletely understood. Thus, identifying the contributory factors and their associated pathways is paramount to fully resolving how neurons develop and the pathogenesis of neurological disorders.

We selected Drosophila peripheral dendritic arborization (da) neurons as an elegant model system as the four different classes (I–IV) of those neurons display distinct and characteristic dendritic morphologies (Grueber et al., 2002). Given evolutionary conservation of the pathways regulating dendritic morphology, this model system has been widely used as a platform for large-scale screens to identify factors involved in dendrite morphogenesis (Puram and Bonni, 2013; Valnegri et al., 2015). For example, RNA interference (RNAi) screens have identified dendrite regulators for class I da (c1da) and class IV da (c4da) neurons (Parrish et al., 2006; Olesnicky et al., 2014). However, due to the propensity of off-target effects from RNAi screening, additional validation is needed to confirm the specific genes involved (Kulkarni et al., 2006; Ma et al., 2006). Unbiased ethyl methanesulfonate (EMS)-based forward genetic screens are an alternative approach for identifying factors that regulate the dendritic morphology of da neurons (Gao et al., 1999; Ye et al., 2007; Zheng et al., 2008). Mapping mutations identified from EMS-based screens is tedious, and early lethality of homozygous mutants prevent analyses of defective dendrites. To overcome this latter problem, mosaic clones for specific mutations have to be generated to observe morphological dendritic defects. However, the conventional heat-shock flippase (FLP) approach to generate clones is labor-intensive and the clone recovery rate is low (Grueber et al., 2002). Hence, novel genetic screens must be devised to efficiently generate neuronal clones, enabling identification of the genes involved in dendrite morphogenesis.

Here, we integrated a variety of screening systems to devise an effective protocol for screening dendrite regulators. Our genetic screen is based on the mosaic analysis with a repressible cell marker (MARCM) system (Lee and Luo, 1999), induced by sensory neuron-specific FLP combined with a c4da neuronal marker (Shimono et al., 2014). We used this system to screen a collection of mapped P-element insertions that are known to cause lethality and morphological defects of the eye (Chen et al., 2005; Call et al., 2007). Our approach enabled efficient identification of genes involved in dendrite morphogenesis, which were further validated by RNAi-based analyses. We screened more than 200 P-element mutants, and identified 40 genes that encode significant components of various protein complexes or that are involved in distinct pathways.

We further focused our study on chaperonin-based regulation of dendrite morphogenesis. We found that mutations of subunits of chaperonin-containing TCP-1 (CCT, also named TCP1-ring complex, TRiC) severely retarded growth of dendritic arbors. Eukaryotic CCT is a hetero-oligomeric complex of two stacked rings, each consisting of eight distinct subunits (CCT1–8) (Yaffe et al., 1992; Vinh and Drubin, 1994; Yam et al., 2008). The CCT chaperonin facilitates protein folding, including the cytoskeletal components tubulin and actin. Our data suggest that CCT localizes in dendrites and participates in dendrite morphogenesis most likely by regulating local microtubule biogenesis. Moreover, further validation experiments demonstrate the essentiality of the mechanisms or pathways we identified for correct dendritic development. Our study portrays an appropriate strategy for identifying dendrite regulators, and provides insights into how dendrites develop.



RESULTS AND DISCUSSION


An Efficient Screen Identifies Cell-Intrinsic Factors Required for Dendritic Arborization


SOP-FLP-Based MARCM Screen and Validation of P-Insertion Genes

To identify cell-intrinsic factors required for dendrite morphogenesis, we conducted a MARCM genetic screen employing the SOP-FLP transgene that drives FLP expression in sensory organ precursors (Shimono et al., 2014). The screen was conducted on the BruinFly collection of lethal P-element insertions1, whose clonal Drosophila mutants display severely defective eye morphologies (Chen et al., 2005; Call et al., 2007). The SOP-FLP-based MARCM-ready Drosophila also bear the UAS-Venus::pm transgene for labeling dendritic membranes, enabling efficient F1 screening of these P-insertion strains (Figure 1A). As the c4da neuron displays the most complex dendritic pattern among the four types of da neurons, we chose the ddaC neuron of the c4da type for phenotypic assessment (Grueber et al., 2002). The ddaC neuron exhibits complex dendritic arbors covering the dorso-abdominal segment of third instar larva. As anticipated, a high frequency of P-insertion mutants (52 of 280) presented detectable dendritic defects, including significant reduction in dendritic branches or fields, or alteration in dendritic patterns (Figure 1B and Supplementary Table S1). By subtracting allelic and unmapped P-insertions, we conclude that 48 different genes were disrupted by these P-insertions (Figure 1B).
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FIGURE 1. Summary of our SOP-FLP-based MARCM screen. (A) Scheme for generating MARCM clones. P-insertion mutants were crossed individually to SOP-FLP-based MARCM-ready fly stocks. The c4da neurons were imaged and those P-insertion mutants exhibiting dendritic defects were further validated. (B) Table showing the numbers of P-insertion mutants and genes identified for each chromosome arm. *Two genes have two P-element alleles, and two P-element insertion sites are unknown (see Supplementary Table S1).


We employed four strategies to confirm that disruption of these P-insertion genes indeed caused the observed phenotypes (Supplementary Table S2). Firstly, we searched the FlyBase database and found that 24 of our 48 P-insertion mutants had been studied previously, and the respective P-insertions had been mapped to corresponding genes and were shown to cause the mutant phenotypes. Secondly, we performed complementation tests using different lethal alleles or chromosomal deficiency alleles and confirmed that 28 of our 48 P-element lines harbor lethal insertions. Thirdly, we endeavored to individually knockdown the 48 P-insertion genes in c4da neurons by means of RNAi to recapitulate dendritic phenotypes and confirmed that 21 P-insertion genes yielded dendritic defects. Fourthly, we used MARCM clones generated for secondary lethal alleles to confirm that 5 P-insertion genes are involved in dendrite morphogenesis. Together, our RNAi- and MARCM-based experiments verified that 24 P-insertion genes are responsible for the dendritic defects we observed.

Eight P-insertion strains failed to pass the validation test for both lethality and dendritic defects (Supplementary Table S2). The loss-of-function allele abk02807 exhibited retarded dendrite growth, inconsistent with a previous finding that abrupt (ab) is not required for c4da dendrite development (Li et al., 2004; Sugimura et al., 2004). Thus, in this case, the dendritic defect could be caused by a second-site mutation. The remaining seven P-insertion strains—rgrk02605, SCARk03107, trxj14A6, CG5446KG06435, CG15141KG06005, CG42327KG05924, and TkR99Ds2222–were complemented by other lethal alleles or deficiencies. RNAi knockdown of these genes also failed to recapitulate dendritic phenotypes. Accordingly, we concluded that mutations in these eight genes are not responsible for the observed dendritic defects from our MARCM clonal analysis (Figure 1B). Below, we report on the remaining 40 genes whose mutations caused dendritic defects.



Dendritic Defects Induced by P-Insertions

The dendritic phenotypes of the remaining 40 P-insertion mutants were diverse, but could be categorized into four classes (Table 1). The first of these classes, representing a reduction in dendritic branches (as assessed by counting dendritic endpoints), was the most frequently observed phenotype, which was detected in 38 P-insertion lines, as shown by the representative eIF5B mutant clones (Figures 2A,B). Of these 38 lines, 28 (74%) exhibited a severe reduction of more than 50% dendritic branches (Figure 2F, dashed blue line represents the 50% threshold). In the particularly extreme cases of mmy, CCT4, and Acer mutant neurons, dendritic branch numbers were reduced to less than one-tenth of the control (Figure 2F, dashed red line represents the 10% threshold). None of the mutant neurons we investigated exhibited increased dendritic branching. The second class, abnormal patterns of dendritic arborization despite normal branch numbers, was manifested in tweek and eIF3h mutant neurons (Figures 2C,D,F). Numbers of dendritic endpoints were unaffected in both of these mutants, but total dendritic length was reduced (Figure 2G), and Sholl analyses revealed reduced dendritic complexity in distal regions (Figure 2H). The third class of phenotypes, faint Venus::pm signal intensities in dendrites, was observed in five of the branch-reduction mutant lines (shown as hatched bars in Figure 2F). For this class, the reduced numbers of dendritic branches was not due to diminished Venus::pm signal intensities because branch numbers were scored under enhanced intensities. For example, vib and Syt1 mutant neurons still retained close to half the number of dendritic branches as control neurons, despite their reduced Venus::pm signal intensities. Among the third class of mutants, Nmt mutant neurons exhibited an extreme reduction of both Venus::pm signal intensity and dendritic branching (Figures 2E,F). The reduction of signal could be caused by weaker expression from the GAL4 driver or posttranscriptional mechanisms regulating the Venus::pm protein synthesis and transport, which were not further studied here. Finally, the fourth class of mutant neurons (including RpS12 and another three mutants) exhibited a low frequency of MARCM-based recovery neurons (fewer than 5 neurons from more than 150 screened larvae). Although RpS12 mutant neurons were not recovered from the third instar larval stage, their dendritic defect was validated by respective RNAi knockdown (Figures 2F, 3B).


TABLE 1. List of genes identified in the MARCM screen of P-insertion lines.
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FIGURE 2. Phenotypic analyses of the P-insertion mutants. (A–E) Representative images for c4da MARCM clones of control (A), eIF5BKG09489 (B), eIF3hk09003 (C), tweekEY02585 (D), and Nmtj1C7 (E) neurons. The categories of dendritic defects for each mutant neuron were indicated. Scale bars = 100 μm. (F) Numbers of dendritic endpoints of c4da MARCM mutant neurons, with blue and red lines marking 50% and 10% of branch numbers relative to control, respectively. Hatched bars indicate mutants with faint Venus::pm signal intensities. The P-insertion mutant alleles used for quantification are listed in Table 1. (G,H) Total dendritic length (G) and Sholl analysis (H) for c4da MARCM clones of control, tweek or eIF3h neurons. The table (right panel of H) shows values for maximal dendritic branch intersections (critical value) and corresponding radii (critical radius). n = 5 neurons per genotype. Student’s t-test P values (*P < 0.05; **P < 0.01; ***P < 0.001).
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FIGURE 3. Dendrite regulators in conserved complexes or pathways. (A,C–N) Representative c4da MARCM clones for indicated mutants with alleles RpS2k01215 (A), DCTN2-p50k16109 (C), DCTN3-p24k14618 (D), Su(H)k07904 (E), Gp150k11120 (F), Camk04213 (G), Syt1k05909 (H), Cyt-c1KG05986 (I), ATPsynCKG01914 (J), MRG15j6A3 (K), Trls2325 (L), Hsc70-5k04907 (M), and Hsp83j5C2 (N). (B) The mCD8::GFP-labeled dendrite of a c4da neuron with RpS12-RNAi knockdown by ppk-GAL4. Scale bars = 100 μm.




Conserved Complexes and Pathways Regulate Dendrite Development

Our screening strategy identified mutations in the genes lola and raw as being responsible for defective dendritic morphology, both of which have been studied previously in da neurons (Ferreira et al., 2014; Lee et al., 2015), evidencing the effectiveness of our approach. We found that 90% of the genes we identified from our screen have human orthologs, indicative of evolutionary conservation (Table 1). Notably, three housekeeping genes we identified from our screen—Pcf11, Diap1, and Nmt—are involved in cell growth and survival, individual loss of which causes growth retardation and apoptosis (Eisenberg and Levanon, 2013). The housekeeping functions of these particular genes might explain the severe dendrite reductions and low clonal recovery rates of the respective mutants (Table 1 and Supplementary Figures S1A–C). We also identified the transcription factor Crp (King-Jones et al., 1999), the transcription co-factor Nab (Terriente Felix et al., 2007), and the peptidase Acer (Coates et al., 2000) as being dendrite regulators (Supplementary Figures S1D–F). Further investigation of these proteins is required to reveal the pathways by which they regulate dendritic arborization.

We categorized the remaining 32 dendrite regulators according to known molecular mechanisms and pathways (Table 2). Some of these regulators are known to be required for c4da dendrite development, including components of the translation initiation complex, eIF3h and eIF5B, as well as the 40S ribosomal subunits RpS2 and RpS12 (Figures 2B,C,F, 3A,B), which confirms involvement of the translation machinery in dendritic development (Olesnicky et al., 2014; Nanda et al., 2018). Furthermore, mutants for the dynactin cofactors DCTN2-p50 or DCTN3-p24 displayed the “proximal bushy” phenotype (Figures 2F, 3C,D), observed previously for dynein subunit mutants (Satoh et al., 2008; Zheng et al., 2008), implicating the dynein-dynactin motor complex in dendrite morphogenesis.


TABLE 2. Mechanisms and signaling pathways revealed in the screen.

[image: Table 2]
Some of the molecular mechanisms/pathways we identified are known to be required in mammalian dendrite development. For example, the Notch signaling pathway regulates dendritic morphology in cultured rat neurons and in maturing mouse hippocampal neurons (Redmond et al., 2000; Breunig et al., 2007). We observed dendritic growth defects in mutants for the Notch pathway components Su(H) and Gp150 (Figures 2F, 3E,F). Synaptic activity participates in mammalian dendrite growth and patterning (Wong and Ghosh, 2002; Chen and Ghosh, 2005). Accordingly, we found that mutants of the calcium-binding protein Cam and the calcium-sensitive synaptic vesicle fusion protein Syt1 also displayed dendritic defects (Figures 2F, 3G,H). Similarly, the electron transport chain in mitochondria is crucial for dendrite morphogenesis of hippocampal neurons (Oruganty-Das et al., 2012), and we identified Cyt-c1 of Complex III and ATPsynC of Complex V of that electron transport chain as being regulators of dendritic arborization (Figures 2F, 3I,J). Epigenetic mechanisms are known to regulate dendritic morphology of mammalian neurons (Smrt and Zhao, 2010). Moreover, we found that the Polycomb antagonist MRG15 and Trl of the Trithorax complex are essential for normal dendritic arborization (Figures 2F, 3K,L). We identified at least two components in each of these mechanisms or pathways (Table 2), reinforcing their roles in dendritic development.



The Chaperonin CCT Participates in Dendrite Morphogenesis

We chose to investigate the CCT complex further because mutants for its core subunits CCT4 and CCT5 presented strongly retarded dendritic growth (Figures 2F, 4A,B). Expression of the HA-tagged transgene CCT4-HA significantly restored the dendritic defect displayed by CCT4 MARCM neurons, indicating that loss of CCT4 is indeed responsible for the aberrant dendritic morphology (Figure 4C). The partial restoration, as compared to the control, might be due to the late expression driven by ppk-GAL4, which failed to compensate earlier defects caused by MARCM-induced deficiency in the early embryonic stage. Alternatively, the expression level might not be sufficient for a full rescue.
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FIGURE 4. The chaperonin CCT participates in dendrite morphogenesis of c4da neurons. (A,B) Representative c4da MARCM clones of CCT4KG09280 (A) and CCT5k06005 (B). Scale bars = 100 μm. (C,D) Quantification of numbers of dendritic endpoints in c4da neurons for the indicated genotypes. (E) Sholl analysis profiles for CD2 expression control and CCT5 knockdown c4da neurons. Blue open bracket indicates the proximal regions where two ppk>CCT5-RNAi neurons contain more dendrites than ppk>CD2 neurons. (F) Quantification of the number of Golgi outposts in proximal and distal dendrites of the dorsal region of ddaC neurons. (G,H) Representative c4da neurons of ppk>CD2 (G) and ppk>CCT5-RNAi (H) lines. Dendritic morphologies were labeled using ppk-tdTom expression, and α-mannosidase II–GFP (ManII-GFP) was used as a marker for Golgi outposts. Arrowheads point to Golgi outposts in proximal regions (G,H) and in distal regions (G′,H′). Scale bars = 50 μm. Student’s t-test P values (***P < 0.001).


To investigate if all CCT subunits are required for dendritic growth, we depleted individual CCT subunits in c4da neurons by means of RNAi. We observed reduced dendritic branching upon depletion of each CCT subunit, suggesting that CCT functions as a complex to regulate dendritic growth (Figure 4D and Supplementary Figure S2), which is supported by the fact that all subunits are assembled as a functional hetero-oligomeric complex in both Drosophila and mammals (Kunisawa and Shastri, 2003; Palumbo et al., 2015). We also traced axonal fascicles in CCT5- or CCT1-depleted c4da neurons and found that the pattern was indistinguishable from that of ppk>mCD8GFP control neurons (Supplementary Figure S3). As axonal development proceeds earlier than dendritic morphogenesis, the lack of axonal phenotypes would need further examination.

Dendritic patterning of c4da neurons begins from late embryonic stages and then undergoes scaled growth to cover the entire arborization field by the third instar larval stage (Jan and Jan, 2003). Compared with control c4da neurons, we found that the number of dendrites in CCT5 knockdown neurons was only slightly diminished 72 h after egg laying (AEL). Strikingly, dendritic branching of CCT5-RNAi neurons seemed to cease at this time-point, as the number of branches at 120 h AEL was comparable to that at 72 h AEL (Supplementary Figure S4A). However, the lower-order trunks of dendrites in CCT5-RNAi neurons extended as much as those of control neurons (Supplementary Figure S4B). The data suggest that higher-order dendritic branching might be more sensitive to CCT-mediated protein folding. It is possible that the residual CCT5 protein level in CCT5-RNAi neurons is sufficient to support the growth of lower-order dendrites. Alternatively, CCT5 might be relatively specific for higher-order branches such as by a regulation of higher-order-specific substrates by the CCT chaperonin. Apart from the reduced number of branches displayed by CCT5-RNAi neurons, we noticed that remaining branches in CCT5-RNAi neurons were highly variable in their distribution along the proximodistal axis, as shown by Sholl analysis (Figure 4E), raising the possibility that the phenotype might be caused by a defect in dendritic trafficking. We examined the distribution of the Golgi outposts that are transported by dynein motors to distal regions to regulate branching (Horton et al., 2005; Ye et al., 2007; Lin et al., 2015). Numbers of Golgi outposts were increased in the proximal but reduced in the distal segments of CCT5-RNAi neurons (Figure 4F–H), supporting the differential branching pattern of CCT5-RNAi neurons along the proximodistal axis.

Using available CCT1 antibodies for immunofluorescence staining, we observed relatively equal CCT1 signal intensities in the cytoplasm of different types of da neurons (Supplementary Figure S4C). Therefore, we examined if loss of CCT subunits affects c1da neurons, which have simple comb-like arbors. Compared with control neurons, c1da neurons in which CCT4 or CCT5 were downregulated exhibited fewer dendritic branches (Supplementary Figures S4D–G), indicating that da neurons with either simple or complex dendritic arbors require CCT for dendritic branching.



CCT Subunits Localize to Dendrites and Regulate Dendritic Microtubule Biogenesis

Microtubules are polymers composed of α- and β-tubulin that provide the structural basis for lower-order dendrites and serve as tracks for intracellular transport of cargos including Golgi outposts (Satoh et al., 2008; Zheng et al., 2008; Ori-McKenney et al., 2012). We monitored microtubules by the microtubule-associated protein mCherry::Jupiter (Cabernard and Doe, 2009) and found that the signals were enriched in the cell body, the axon, and lower-order dendrites (Figure 5A), but low or almost undetectable in higher-order and terminal dendritic branches (yellow arrows in Figure 5A). However, upon RNAi-mediated CCT5 depletion, the mCherry::Jupiter signals in dendrites and the axon became barely detectable and signal intensity in the cell body, although still detectable, was greatly reduced (Figure 5B). We also examined stabilized microtubules by performing immunostaining for the microtubule-associated protein Futsch, the Drosophila ortholog of MAP1B in human (Hummel et al., 2000; Roos et al., 2000; Jinushi-Nakao et al., 2007). Depletion of CCT5 dramatically reduced the levels of stabilized microtubules in all classes of da neurons (Figures 5C,D). We further assessed the ultrastructural organization of microtubules by transmission electron microscopy (TEM). We recognized dendrites that locate between epidermal cells and the extracellular matrix in the dorsal field (Yang et al., 2019). In longitudinal sections, wild-type microtubules are aligned and cross-connected (n = 38) (Figure 5E). However, the microtubules were sparsely distributed and separated in CCT5-RNAi sections; only 23.9% CCT5-RNAi sections (n = 46) exhibited wild-type morphology of microtubules (Figure 5F). The microtubule density was significant reduced in CCT5-RNAi dendrites relative to control upon examining comparably sized dendritic cross-sections (Figures 5G–J). Thus, the lack of CCT5 caused a severe reduction and disorganization of microtubules in c4da dendrites.
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FIGURE 5. CCT regulates microtubule levels. (A,B) Representative images of CD2 expression control (A) or CCT5 knockdown (B) c4da neurons exhibiting mCD8::GFP (green; marker for dendrites) and Jupiter::mCherry (red; marker for microtubules) fluorescence labeling. White arrows indicate dendritic trunks. Yellow arrows indicate terminal branches. Arrowheads indicate axons. (C,D) Representative images of mCD8::GFP (green) and Futsch immunoreactivity (red) in all da neurons of control (C) and CCT5 knockdown (D) lines. Arrows indicate dendritic trunks. Arrowheads indicate the axons. (E,F) Representative figures assembledfrom several electron micrographs showing longitudinal sections of dendrites from da neurons in third instar larvae of w1118 (E) and CCT5-RNAi (F). Arrows point microtubules. (G,H) Representative electron micrographs showing transverse sections of dendrites from da neurons in third instar larvae. Circular transverse microtubule profiles of approximately 25 nm in size were observed (black arrows). Clusters of microtubule cross-sections are observable in w1118 (G, black arrows), whereas CCT5-RNAi neurons exhibited fewer and non-clustered microtubule cross-sections (H, red arrows). Magnified views of the indicated regions were shown. (I) Quantification of dendritic cross-section areas in w1118 and CCT5-RNAi neurons. (J) Quantification of microtubule density in w1118 and CCT5-RNAi dendrites. (K,L) Representative images of c4da neurons displaying ppk-tdTom (red) and GFP-αTub84B (green) fluorescence labeling in control (K) and CCT5-RNAi (L) lines. Arrows indicates dendritic trunks. Arrowheads indicate the axons. (M) Representative images of c4da neurons displaying Jupiter::mCherry (red) and CCT2-EGFP (green, arrows) fluorescence signal. Scale bar = 100 μm. Student’s t-test P values (***P < 0.001).


CCT-mediated protein folding activity is required for microtubule polymerization (Yaffe et al., 1992). We investigated how absence of CCT activity might impact α-tubulin levels in c4da neurons overexpressing GFP-αTub84B (Grieder et al., 2000). α-Tubulin was observed in the cell body, axon, and lower-order dendrites of control neurons. RNAi-mediated depletion of CCT5 caused a severe reduction in GFP-αTub84B signal in dendrites (Figures 5K,L), suggesting that lower tubulin levels might cause microtubule deficiency and reduced branching in CCT5-depleted neurons. To confirm this notion, we depleted c4da neurons of α- or β-tubulin and found that, in both cases, microtubule signal and dendritic branching were reduced (Supplementary Figures S5A–D). These results support the idea that the CCT complex is required for proper folding of tubulin subunits and, consequently, microtubule growth, a critical step in dendritic branching. Given that a severe reduction in tubulin stability and polymerization has been observed previously in CCT1-depleted larvae (Palumbo et al., 2015), we propose that unfolded tubulins not incorporated into microtubules are degraded, resulting in a microtubule deficiency in dendrites.

To understand if CCT functions in c4da dendrites, we examined the localization of CCT2-EGFP. CCT2-EGFP signal was detected in the cell body, axon, and dendrites of c4da neurons (Figure 5M). Interestingly, dendritic CCT2-EGFP signal was confined to mCherry::Jupiter-positive lower-order dendrites, with some signal appearing punctate and localized at branch points and shafts (arrows in Figure 5M). We also detected localization of CCT4-HA in lower-order dendrites (Supplementary Figure S5E). These dendritic signals suggest that tubulin subunits might be folded locally by CCT for microtubule polymerization during dendrite growth. Microtubules provide structural support and serve as tracks for transport of Golgi outposts (Ye et al., 2007; Lin et al., 2015). On the other hand, Golgi outposts act as microtubule nucleation center for dendrite branching (Ori-McKenney et al., 2012). Thus, CCT-mediated tubulin folding might regulate microtubule homeostasis in dendrites, which is important for transport of organelles such as Golgi outposts to shape dendritic morphology.

Actin, another critical constituent of dendrites, is a CCT client. Depletion of CCT5 from c4da neurons did not noticeably alter Lifeact-GFP-labeled actin filaments in lower-order dendrites or in the remaining terminal branches (Supplementary Figure S6). Consistent with this finding, loss of CCT did not affect actin level or polymerization in whole larval lysates in a previous study (Palumbo et al., 2015), and CCT2 depletion was shown not to reduce GMA::GFP-labeled actin filaments in lower-order dendrites (Das et al., 2017). Together, these observations indicate that actin might not be compromised directly, or as severely as microtubules, in the dendrites of CCT-depleted neurons.

Translation initiation factors eIF3b, eIF3i, and eIF3h are thought to be clients of CCT for protein folding (Olesnicky et al., 2014; Roobol et al., 2014). We also identified eIF3h as a regulator of dendrite development (Table 1), although how CCT interacts with eIF3h in dendrites awaits further study. Thus, apart from tubulins, clients of CCT are involved in diverse mechanisms/pathways that might contribute to CCT-regulated dendrite morphogenesis.

Mutations of CCT4 and CCT5 have been linked to the rare group of disorders hereditary sensory neuropathy (HSN), characterized by degeneration of the nerve fibers in peripheral sensory neurons and frequent progression of painless injuries (Lee et al., 2003; Bouhouche et al., 2006; Auer-Grumbach, 2013). However, the molecular basis underlying HSN is poorly understood. The Drosophila c4da neuron functions in nociception, and reduced dendritic complexity has been correlated with reduced nociceptive responses (Hwang et al., 2007; Ferreira et al., 2014; Honjo et al., 2016). Hence, depletion of CCT might mimic symptoms of HSN patients, and thus could be used as a Drosophila model of HSN to unravel the molecular basis of this rare disorder and contributory pathogenic networks.



Neurological Disorders Are Associated With Protein Folding Machineries

Our screen also identified two chaperones, Hsc70-5 and Hsp83 (Figures 2F, 3M,N), indicating that protein folding machineries are required for dendritic development. Protein misfolding is a critical factor in the pathogenesis of several neurodegenerative diseases (Valastyan and Lindquist, 2014). Indeed, decreased levels of the human chaperone Mortalin are associated with Alzheimer’s disease (AD) and Parkinson’s diseases (PD) (De Mena et al., 2009; Qu et al., 2012). Similarly, knockdown of the Drosophila Mortalin ortholog, Hsc70-5, causes loss of synaptic mitochondria in a Drosophila PD model (Zhu et al., 2013). Highly abundant HSP90 is the human ortholog of Drosophila Hsp83 and it mediates many basic cellular processes (Li et al., 2012). It has previously been shown that mRNA levels of HSP90 and CCT subunits are repressed in AD patients (Brehme et al., 2014). Furthermore, both HSP90 and CCT subunits interact with Huntingtin, and respective loss-of-function mutations modify neuronal dysfunction in a Drosophila model for Huntington’s disease (Shirasaki et al., 2012). Further study of protein folding machineries and the interaction networks of their clients in Drosophila dendrites will contribute to a better understanding of the pathogenesis of these and other neurological disorders.



Other Identified Mechanisms and Pathways


Protein Phosphatase Type 2A (PP2A) Holoenzyme

The PP2A complex is composed of the scaffold subunit PP2A-A, the regulatory subunit PP2A-B, and the catalytic subunit PP2A-C (Shi, 2009). Our screen identified that mutation of the Drosophila ortholog of the catalytic subunit, Mts, induced a reduction in dendritic branching (Figures 2F, 6A). To assess if PP2A in Drosophila is required as a complex in dendritic development, we examined the requirement for PP2A-29B (which encode PP2A-A) by RNAi knockdown approach. Numbers of dendritic branches were reduced and terminal branches were shortened in PP2A-29B-RNAi c4da neurons (Figures 6B,D), recapitulating the phenotypes observed in mts clones. Given the similarities in phenotypes induced by mutations of individual PP2A subunits, PP2A appears to function as a complex in dendritic development. The stoichiometries of the component subunits of a functional complex are typically tightly controlled, and overexpression of individual subunits could lead to loss-of-function phenotypes. Indeed, overexpression of the regulatory subunit encoded by twins has been shown to reduce PP2A activity (Wang et al., 2011), and overexpressing twins induced a reduction of dendritic branching (Figures 6C,D). Similarly, overexpression of ppp2r2b, the human ortholog of twins, suppresses dendritic outgrowth in rat hippocampal neurons, evidencing functional conservation of how the PP2A complex regulates dendritic morphology (Dickey and Strack, 2011) and demonstrating a crucial role for the PP2A holoenzyme in dendritic development. The finding in dendritic growth is consistent with recent reports that also suggest the involvement of the PP2A complex in dendrite pruning (Rui et al., 2020; Wolterhoff et al., 2020). The PP2A complex is known to be involved in various signaling pathways to regulate diverse cellular processes (Casso et al., 2008; Shi, 2009; Zhang et al., 2009). It would be interesting to study PP2A-regulated signaling pathways in dendrite development and pruning.
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FIGURE 6. Dendrite regulators acting in conserved complexes or pathways. (A–D) Components of PP2A holoenzyme are required for dendrite morphogenesis. Dendritic arborization of mtss5286 c4da MARCM clones is shown (A). Dendritic arborization of Pp2A-29B-RNAi (B) and twins-overexpressing (C) c4da neurons was visualized with mCD8::GFP driven by ppk-GAL4. Quantification of numbers of dendritic endpoints in c4da neurons of the indicated genotypes is shown in (D). (E–H) The 26S proteasome is required for dendrite morphogenesis. Dendritic arborization of Rpt1k11110 (E) and Rpn6k00103 (F) c4da MARCM clones is shown. Dendritic arborization of Prosβ2-RNAi c4da neurons was visualized with mCD8::GFP driven by ppk-GAL4 (G), and dendritic endpoints were enumerated (H). (I–T) Representative c4da MARCM clones of indicated mutants. Alleles used were Sec61βk03307 (I), SsRβs1939 (J), ValRSk14804 (K), AspRSKG03912 (L), POSHk15815 (M), Tango14k00619 (N), Doas2784 (O) Tnpo-SRKG04870 (P), tweekEY20585 (Q), vibj7A3 (R), mmyKG08617 (S), and wechk08815 (T). Scale bars = 100 μm. Student’s t-test P values (***P < 0.001).




The 26S Proteasome

The 26S proteasome is composed of the 19S regulatory particle (in which the ATPase subunit Rpt1 and the non-ATPase subunit Rpn6 interact; Guruharsha et al., 2011; Bar-Nun and Glickman, 2012) and the 20S core particle. We identified that loss of Rpt1 or Rpn6 activity in the MARCM clones reduced dendritic arborization (Figures 2F, 6E,F), suggesting that the 19S particle is involved in dendritic development. To test if the 20S core particle also contributes to dendrite morphogenesis, we depleted its catalytic β2 subunit by means of Prosβ2 RNAi knockdown and observed a concomitant reduction in dendritic branching (Figures 6G,H), suggesting that the 20S core particle and the 19S regulatory particle function in concert to mediate dendrite morphogenesis. Subunits of both particles are also required for developmental pruning of c4da dendrites in the pupal stage (Kuo et al., 2005; Rumpf et al., 2014). Thus, protein degradation by the 26S proteasome is critical in two distinct stages of dendritic development.



The Endoplasmic Reticulum (ER) Translocon

Co-translational translocation of proteins across the ER membrane requires the Sec61 translocon and the translocon-associated protein (TRAP) complex (Hartmann et al., 1993, 1994). We found that MARCM mutant neurons for Sec61β as well as SsRβ that encodes a TRAP component exhibited reduced dendritic branching, indicating that the ER translocon is required for dendrite development (Figures 2F, 6I,J). Sec61 subunits have been found to localize in dendrites and are required for growth of cultured neurons (Pierce et al., 2000; Aridor et al., 2004; Sepp et al., 2008). Together, these data suggest that the ER translocon might locally coordinate protein translation and translocation during dendritic growth and branching.



Aminoacyl-tRNA Synthetases (aaRSs)

aaRSs ligate amino acids to their cognate tRNAs, allowing these aminoacyl-tRNAs to be used for nascent polypeptide synthesis (Lu et al., 2015). Mutants for Glycyl-tRNA synthetase, Tryptophanyl-tRNA synthetase, or Glutaminyl-tRNA synthetase exhibit reduced dendrites in Drosophila olfactory projection neurons (Chihara et al., 2007). Our screen identified Valyl-tRNA synthetase as a positive regulator of dendrites (Figures 2F, 6K). To test if other aaRSs are also involved in dendritic regulation, we examined the contribution of Aspartyl-tRNA synthetase (AspRS) to dendrite growth using a respective P-insertion mutant and RNAi knockdown. Surprisingly, we observed normal dendritic morphology in both AspRS mutant and AspRS-RNAi neurons (Figure 6L and Supplementary Table S3), indicating that aaRSs may exert individual effects in c4da dendrite development. Further investigation is necessary to elucidate the roles of all aaRSs in dendrite morphogenesis.



Nogo Signaling

Three mammalian Nogo isoforms, i.e., Nogo-A, Nogo-B and Nogo-C, interact with respective receptors to activate downstream effectors and regulate gene expression and microtubule stabilization (Schwab, 2010; Sui et al., 2015). We identified two components of Nogo signaling, POSH and Tango14, as being dendrite regulators (Figures 2F, 6M,N). POSH acts downstream of the Nogo-A receptor to inhibit axon outgrowth in mammalian neurons (Dickson et al., 2010). Tango14 is orthologous to the Nogo-B receptor (NgBR) required for axonal branching and extension in sensory neurons (Eckharter et al., 2015). Nogo-A expression is required for proper dendritic complexity and length in mice (Petrinovic et al., 2013; Zemmar et al., 2018), and aberrant Nogo-A signaling has been implicated in several neurodegenerative diseases such as AD, amyotrophic lateral sclerosis, and multiple sclerosis (Schmandke et al., 2014). A loss-of-function mutation in NgBR causes a congenital glycosylation disorder associated with severe neurological impairments (Park et al., 2014). Our study evidences a conserved role of Nogo signaling in Drosophila dendritic development, necessitating further investigation of the two predicted Nogo genes in Drosophila (Schwab, 2010).



Serine-Arginine-Rich (SR) Proteins

SR proteins belong to a conserved splicing factor family essential for RNA splicing and other post-transcriptional modifications (Bradley et al., 2015; Howard and Sanford, 2015). SR proteins are phosphorylated by the protein kinase Doa, and they require Tnpo-SR for nuclear import (Du et al., 1998; Allemand et al., 2002). We show from our screen that both Doa and Tnpo-SR are required for dendritic arborization (Figures 2F, 6O,P). The SR protein X16, which is required for proper dendritic morphology in c4da neurons, is regulated by Doa and Tnpo-SR (Allemand et al., 2002; Wan et al., 2008; Olesnicky et al., 2014). Thus, Doa and Tnpo-SR potentially regulate the function of X16 in mediating c4da dendritic morphology.



Regulation of Phosphoinositides

Phosphoinositides are phosphorylated derivatives of phosphatidylinositol (PI) and they participate in a vast array of biological processes, including vesicle trafficking and actin dynamics (Balla, 2013). Although PIs have been reported previously to contribute to dendritic branching of cultured neurons (Li et al., 2008; Zhang et al., 2017), their roles remain poorly understood. Our screen revealed two regulators of phosphoinositides, Tweek and Vib, as controlling dendritic development (Figures 2F, 6Q,R). Tweek is known to regulate the level of PI(4,5)P2 at synapses (Verstreken et al., 2009), whereas Vib has been implicated in neuroblast development and its human orthologs are class I PI transfer proteins, PITPα and PITPβ (Gatt and Glover, 2006; Giansanti et al., 2006; Cockcroft and Garner, 2013). PITPα localizes in dendrites and plays a role in neurite growth (Xie et al., 2005; Cosker et al., 2008). Our identification of Tweek and Vib support that PIs participate in c4da dendrite development, further expanding our understanding of their conserved roles and regulatory mechanisms (Balakrishnan et al., 2015).



Mmy and Wech

Mmy is a conserved enzyme that catalyzes the formation of UDP-N-acetylglucosamine, which is needed for N- and O-linked protein glycosylation and biosynthesis of GPI anchors (Araujo et al., 2005; Schimmelpfeng et al., 2006; Tonning et al., 2006). We observed that mmy mutant neurons exhibited severely constrained dendritic branching (Figure 2F, 6S). Mmy is a known antagonist of Dpp signaling (Humphreys et al., 2013). However, perturbing Dpp signaling in c4da neurons was previously shown to only induce mild dendritic defects (Follansbee et al., 2017), suggesting that Mmy-mediated regulation of dendritic morphology is Dpp-independent.

Wech is crucial for integrin–cytoskeleton linkage (Loer et al., 2008). Integrin depletion mildly impacts dendrite branching, primarily due to detachment from the extracellular matrix (Han et al., 2012; Kim et al., 2012). Surprisingly, we did not observe an anticipated detachment phenotype in our c4da MARCM clones upon Wech depletion (Figures 2F, 6T). Instead, we observed that dendritic branch number declined severely and Venus::pm fluorescence signal became fainter (Figure 2F), suggesting that Wech exerts integrin-independent regulation of dendrites. Further studies of Mmy and Wech are needed to characterize the mechanisms by which they regulate dendritic development.



CONCLUSION

Previous EMS-based screens by others have generated less than 1% mutants bearing dendritic defects (Gao et al., 1999; Ye et al., 2007). In contrast, our screen revealed abnormal dendritic morphology in 19% (52/280) of the P-insertion mutants, indicating high efficiency in identifying regulators of dendritic branching. The collection of P-insertion mutants we screened all perturb eye development (Chen et al., 2005; Call et al., 2007), with the respective impacted proteins representing key components of major developmental and cellular pathways. Therefore, it is perhaps not surprising that we uncovered a much higher percentage of mutants in our screen. Our analysis indicates that the identified genes and mechanisms are commonly involved in the development of both c4da dendrites and the compound eye, likely at cellular levels. Since the compound eye is an easier system for phenotypic observation, pilot screens using eyes could be deployed to establish the crucial components of major mechanisms and novel pathways, thereby facilitating more intensive dendrite morphological screens for validation. In conclusion, our strategy of using high-efficiency SOP-FLP-based MARCM clone generation to target a collection of pre-screened P-insertion mutants serves as a foundation to illustrate the overall blueprint of dendrite generation during development.



MATERIALS AND METHODS


SOP-FLP-Based MARCM Screen

We individually crossed 280 autosomal P-insertion strains exhibiting eye defects in clonal analyses (Chen et al., 2005) to the following SOP-FLP-based MARCM-ready flies: GAL45–40 UAS-Venus::pm SOP-FLP#42; Tub-GAL80 FRT40A/CyO (DGRC# 109947); GAL45–40 UAS-Venus::pm SOP-FLP#42; FRT42D Tub-GAL80/CyO (DGRC# 109949); GAL45–40 UAS-Venus::pm SOP-FLP#42; FRT82B Tub-GAL80/TM6B (DGRC# 109951); and GAL45–40 UAS-Venus::pm SOP-FLP#42; Tub-GAL80 FRT80B/TM6B (a derivative of DGRC# 109951). FRT40A was crossed to GAL45–40 UAS-Venus::pm SOP-FLP#42; Tub-GAL80 FRT40A/CyO as a control for MARCM clones. We examined dendritic morphologies of MARCM clones at the wandering larval stage incubated at 25°C. The fly strains for our SOP-FLP-based MARCM screen and for validation tests are listed in Supplementary Table S1–S3.



Fly Stocks

Fly stocks were obtained from the Bloomington Drosophila Stock Center (BDSC), the Drosophila Genetic Resource Center (DGRC), and the Vienna Drosophila Resource Center (VDRC). GAL4 drivers were ppk-GAL4 (Kuo et al., 2005) and 109(2)80-GAL4 (Gao et al., 1999). UAS transgenic stocks were UAS-mCD8-GFP (Gao et al., 1999), UAS-CD2 (BDSC# 1373), UAS-ManII-GFP (Ye et al., 2007), UAS-Jupiter::mCherry (Cabernard and Doe, 2009), UAS-GFP-αTub84B (Grieder et al., 2000), UAS-CCT2-EGFP (BDSC# 53755), UAS-twins (Bajpai et al., 2004), and UAS-Lifeact-GFP (Hatan et al., 2011). UAS-CCT4-HA was a fusion of C-tagged HA to CCT4 cDNA (RE61939, DGRC) in pUAST. We obtained ppk-CD4-tdTomato (Han et al., 2011) for labeling c4da neurons from BDSC. RNAi knockdown strains were UAS-CCT1 RNAi (BDSC# 32854), UAS-CCT2 RNAi (BDSC# 34711), UAS-CCT3 RNAi (BDSC# 34969), UAS-CCT4 RNAi (VDRC# 22154), UAS-CCT5 RNAi (BDSC# 41818), UAS-CCT6 RNAi (BDSC#43146), UAS-CCT7 RNAi (BDSC# 34931), UAS-CCT8 RNAi (VDRC# 103905), UAS-αTub84B RNAi (VDRC# 33427), UAS-βTub60D RNAi (VDRC# 34606), UAS-Pp2A-29B RNAi (BDSC# 50533), and UAS-Prosβ2RNAi (VDRC# 103575). We examined the dendritic morphologies of RNAi lines for knockdown of all CCT components and for α- and β-tubulin subunits at the wandering larval stage incubated at 29°C.



Image Collection, Quantification, and Statistical Analysis

The c4da neurons from the second through sixth abdominal segment were imaged on a Zeiss LSM510 microscope. Total dendritic endpoints for 6–13 neurons of each genotype were manually counted using the Cell Counter ImageJ plugin to quantify dendritic branching. To quantify Golgi outposts, ManII-GFP puncta in proximal (<100 μm from the soma) and distal (>150 μm from the soma) dendrites in dorsal regions of ddaC neurons were counted using the Cell Counter ImageJ plugin. To obtain dendrite features enabling quantification of total dendrite length and profile, dendrites were traced using the NeuronJ ImageJ plugin. The Sholl Analysis Plugin of ImageJ was used to analyze dendrite profiles. A series of concentric circles at 1 μm intervals and centered on the cell body were generated, and the number of dendrites intersecting each circle was then calculated. Pairwise comparisons of group means were performed by Student’s t-test. All statistical analyses were performed using Prism 7.0 (GraphPad Software). Data are shown as the mean ± SD, with number of asterisks indicating the significance of P values (∗P < 0.05; ∗∗P < 0.01; ∗∗∗P < 0.001).



Immunohistochemistry and TEM

The wandering larvae were dissected and prepared for immunohistochemistry as described previously (Shrestha and Grueber, 2011). Primary antibodies used in immunostaining included rat anti-CCT1 (1:50, Abcam), mouse anti-Futsch (1:200, Developmental Studies Hybridoma Bank), rabbit anti-GFP-Alexa488 (1:500, Life Technologies), and rabbit anti-HA (1:400; Cell Signaling Technology). Goat anti-rat Cy3 and anti-mouse Cy3 secondary antibodies were obtained from Jackson ImmunoResearch Laboratories Inc. Wandering larvae were dissected and prepared for TEM experiments as described previously (Yang et al., 2019).
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Due to their enormous surface area compared to other cell types, neurons face unique challenges in properly handling supply and retrieval of the plasma membrane (PM)—a process termed PM turnover—in their distal areas. Because of the length and extensiveness of dendritic branches in neurons, the transport of materials needed for PM turnover from soma to distal dendrites will be inefficient and quite burdensome for somatic organelles. To meet local demands, PM turnover in dendrites most likely requires local cellular machinery, such as dendritic endocytic and secretory systems, dysregulation of which may result in dendritic pathology observed in various neurodegenerative diseases (NDs). Supporting this notion, a growing body of literature provides evidence to suggest the pathogenic contribution of dysregulated PM turnover to dendritic pathology in certain NDs. In this article, we present our perspective view that impaired dendritic endocytic and secretory systems may contribute to dendritic pathology by encumbering PM turnover in NDs.
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INTRODUCTION

Dendrites are neuronal compartments essential for receiving electrochemical signals from presynaptic neurons through formed synapses. Accurate neuronal wiring relies critically on the proper establishment of the dendritic field that is achieved by both structural build-ups of dendritic arbors and functional maturation of synapses (Jan and Jan, 2010). The establishment of the dendritic field is by nature a dynamic process as it is inevitably accompanied by dramatic changes in the morphology of entire dendritic arbors. Even after the establishment of the dendritic field, neuronal connections can be rewired in response to changes in the external environment by dynamically altering dendritic morphology and readjusting formed synapses. Therefore, disruption of dendritic morphology will invariably lead to failed synapse formation and communication between neurons.

To maintain dendritic morphology and dynamics, neurons need a constant turnover of plasma membranes (PMs). This process of PM turnover is mediated primarily by endocytic and secretory pathways. However, due to its highly elaborate dendrites, a typical neuron has a 10,000 times larger surface area than does a typical epithelial cell (Horton and Ehlers, 2004). Thus, a neuron will undoubtedly face a staggering challenge to grow and maintain those dendrites if it were to rely solely on somatic endocytic and secretory systems (Pfenninger, 2009). Thankfully, neuronal dendrites showcase various types of endocytic and secretory components, which participate in dendritic growth and maintenance, as well as a local supply of PM proteins (Jan and Jan, 2010; Puram and Bonni, 2013; Kennedy and Hanus, 2019).

Dendritic changes are frequently observed in animal models of various neurodegenerative diseases (NDs), such as Alzheimer’s disease (AD), Parkinson’s disease (PD), polyglutamine (polyQ) diseases, and amyotrophic lateral sclerosis (ALS; summarized in Table 1). Consistently, dendritic pathology has been reported in post-mortem brain samples of patients with these diseases (Mehraein et al., 1975; Graveland et al., 1985; Nakano and Hirano, 1987; Patt et al., 1991; Ferrer, 1999; Kulkarni and Firestein, 2012). Although affected neuronal cell types and the patterns of dendritic changes vary depending on the disease, NDs generally share common pathological features such as decreased dendritic complexity and impaired synaptic maturation (Kulkarni and Firestein, 2012; Herms and Dorostkar, 2016). Previous studies identified several molecules and cellular processes involved in dendritic pathology in NDs. For example, a recent study identified a transcription factor Forkhead Box O (FOXO) whose sequestration by nucleus-accumulated toxic polyQ proteins in Drosophila sensory neurons results in dendritic defects (Kwon et al., 2018). In AD, β-amyloid (Aβ) has been reported to cause dendritic spine loss and to decrease expression of AMPA receptor on the synaptic surface by enhancing endocytosis in CA1 pyramidal neurons (Hsieh et al., 2006). In a PD model, knockout of Pink1 showed a shortening of dendritic lengths presumably through disrupting mitochondrial transport in mouse primary cortical and midbrain neurons (Dagda et al., 2014). In a UBQLN2-P497H mouse model of ALS, impairment of the protein degradation system led to dendritic spinopathy accompanied by synaptic dysfunction, and cognitive deficits (Gorrie et al., 2014). Besides what we have described so far, many other molecules have been identified whose dysregulation interferes with cellular components such as cytoskeletons, mitochondria, endosomes, ER, and Golgi that may be linked to dendritic pathology (Jan and Jan, 2010; Lei et al., 2016; Kweon et al., 2017; Kelliher et al., 2019). Currently, how these cellular components contribute to dendritic pathology is being worked out in many labs. Here, we propose that dendritic endocytic and secretory pathways, when disrupted, may contribute to dendritic pathology in several NDs.

TABLE 1. Dendritic pathology characterized in animal models of neurodegenerative diseases (NDs).
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In this review article, we will first describe the general mechanisms of PM turnover mediated by endocytosis and exocytosis. Next, we will provide an overview of dendritic endocytic and secretory pathways. Afterward, we will discuss how local molecular machinery might regulate dendritic endocytic and secretory pathways for PM turnover and how their dysfunction might contribute to dendritic pathology in several NDs. Finally, we will propose how dendritic endocytic and secretory pathways might be linked to selective dendritic vulnerability in NDs.



BASIC MECHANISMS OF PM TURNOVER IN NEURONS: ENDOCYTOSIS AND EXOCYTOSIS

PM turnover is defined as the process by which membranes are continuously cycled to and from the PM. Through this process a cell can: (1) expand or reduce its size; (2) alter its shape; and (3) insert or remove from its PM the membranous lipids and proteins needed to convey both intra- and extra-cellular signals.

How is PM turnover regulated in neurons? Exocytosis and endocytosis are thought to be the primary means by which expansion and retrieval of the PM are mediated, respectively (Pfenninger, 2009; Peng et al., 2015). In a typical cell, materials that comprise the PM are first synthesized in the endoplasmic reticulum (ER) and then are modified and sorted in Golgi, from where vesicles bud and are inserted into the PM by exocytosis. In yeast, exocytosis of these PM-expanding vesicles requires tethering to PM by exocyst, without which soluble N-ethylmaleimide-sensitive factor attachment protein receptor (SNARE) complexes required for the membrane fusion do not form (TerBush et al., 1996; Grote et al., 2000). In neurons, their contribution to the growth of neurites (Vega and Hsu, 2001; Murthy et al., 2003)—and more specifically dendrites (Peng et al., 2015; Zou et al., 2015; Lira et al., 2019)—has been observed in Drosophila and cultured mammalian neurons. Interestingly, exocyst seems to be dispensable for neurotransmitter secretion in Drosophila (Murthy et al., 2003; Mehta et al., 2005), but not in primary hippocampal neurons (Lira et al., 2019). Generally, for membranes to fuse, SNARE proteins must be present on both membranous systems (Südhof and Rothman, 2009). For instance, Urbina et al. (2018) showed that VAMP2-positive exocytic vesicles contribute to PM expansion in neurites of mouse cortical neurons. Another SNARE protein, tetanus neurotoxin-insensitive (TI)-VAMP, has been shown to contribute to both axonal and dendritic growth without affecting synaptic vesicle fusion in primary neuronal cultures (Coco et al., 1999; Martinez-Arca et al., 2000, 2001). However, a knockout of TI-VAMP in mice only partially limited neurite outgrowth, suggesting that other SNARE proteins may mediate PM expansion (Meldolesi, 2011; Sato et al., 2011). In 2014, another group showed that the exocytosis of VAMP4-positive vesicles seems to contribute to the neurite growth in PC12 cells (Colombo et al., 2014). Interestingly, another SNARE protein, Sec22b, has been shown to contribute to PM expansion in neurons probably by mediating lipid transfer from ER to PM without vesicular fusion (Petkovic et al., 2014).

Endocytosis is the primary means by which PM is internalized, which may offset the functions of exocytosis. In Drosophila C4 dendritic arborization (da) neurons, defects in exocytosis-mediated dendritic growth were mitigated by blocking clathrin-mediated endocytosis (CME) using a temperature-sensitive dominant-negative allele of shibire (shits1, Peng et al., 2015). Urbina et al. (2018) also showed that CME contributes to the retrieval of PM in shaping neurite growth in mouse cortical neurons and suggested that exocytosis-mediated PM expansion in neurites can be counterbalanced by CME. Some of these endocytic vesicles, once internalized via endocytosis, may directly fuse with medial/trans-Golgi, at least in yeast (Day et al., 2018). In general, however, most other endocytic vesicles fuse with early endosomes (EEs), wherein sorting of the PM components takes place. Those components may be rapidly recycled back to the PM from EEs or slowly via recycling endosomes (REs; Taguchi, 2013). As EEs mature into late endosomes (LEs) en route to degradation (Huotari and Helenius, 2011), some of the PM components are recycled back to Golgi via retromers (Chen et al., 2019). Collectively, these two processes—endocytosis and exocytosis—regulate PM turnover in a typical cell, likely including neurons (Figure 1).
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FIGURE 1. A schematic illustration of the plasma membrane turnover in neuronal dendrites. This illustration describes three pathways for plasma membrane (PM) turnover: rapid endosomal recycling via early endosomes (EEs); slow endosomal recycling via recycling endosomes (REs); and secretion via the dendritic secretory pathway.





THE PRESENCE OF DENDRITIC ENDOCYTIC AND SECRETORY PATHWAYS AND THEIR POTENTIAL LINK TO DENDRITIC MORPHOLOGY IN NEURONS

Although it is fairly well established that the endocytic and secretory pathways, in general, regulate dendritic morphology via PM turnover, the extent to which dendritic endocytic and secretory pathways partake in regulating dendritic morphology via local PM turnover is less clear. Although the endocytic organelles have been fairly well delineated in dendrites, secretory organelles in dendrites have remained more elusive. Here, we will briefly discuss several dendritic endocytic and secretory units and their potential relevance to dendritic morphology.


Dendritic Endocytic Pathway

All the major types of endosomes—EEs, LEs, and REs—have been shown to exist in dendrites. Endocytosis in dendrites has been reported to play a major role in Drosophila dendritic pruning by triggering dendritic thinning via internalizing PM (Kanamori et al., 2015) and through internalizing specific cell adhesion molecule, Neuroglian (Zhang et al., 2014). Although endocytosis is one of the means by which EEs are produced (Mellman, 1996), blocking endosomal transport from soma to dendrites leads to depletion of EEs in dendrites of Drosophila da neurons (Satoh et al., 2008; Zheng et al., 2008), suggesting that most of the EEs in dendrites may be derived from the soma. Intriguingly, a recent study shows that the trans-Golgi network (TGN), but not endocytosis, is indispensable in forming Rab5-labeled EEs in yeast (Nagano et al., 2019). However, whether EEs can be synthesized from TGN in neurons, let alone neuronal dendrites, has not been shown.

LEs and REs, which are thought to be derived from EEs (Mellman, 1996), are also detected in dendrites and/or dendritic spines (Cooney et al., 2002; Cheng et al., 2018; Yap et al., 2018). LEs are well known for their role in sorting ubiquitinated proteins for degradation via lysosomes (Hu et al., 2015). In dendrites, they transport dendritic cargos towards the soma for degradation via lysosomes (Cheng et al., 2018; Yap et al., 2018). However, one study showed that LEs translocate to and fuse with the PM after making repeated contact with the ER. This process was shown to contribute to neurite growth in PC12 cells (Raiborg et al., 2015). REs have been shown to mediate PM turnover process in dendrites and dendritic spines, thereby mediating their growth in rat hippocampal or cortical neurons (Park et al., 2006; Bowen et al., 2017). Interestingly, REs have been shown to exchange cargoes and make physical contact with Golgi in Drosophila, sea urchin embryos, and mammals (Mallard et al., 1998; Fujii et al., 2020a,b). However, their interaction in neuronal dendrites has not been reported. Further examining the potential interplay between these different types of endosomes and secretory organelles, such as ER and Golgi, in dendrites may provide significant insight on the mechanisms underlying PM turnover.



Dendritic Secretory Pathway

The ER that localizes in the dendritic spine, called spine apparatus (SA), has a specialized membrane-stacked morphology similar to that of Golgi (Gray, 1959a,b). Based on its morphology, SA was speculated to play a role in dendritic secretory function, though it did not garner any significant experimental support for a long time. In 2001, through post-embedding immunogold labeling in adult rat tissue, Pierce et al. (2001) showed in neuronal dendrites the presence of a repertoire of proteins that localize to ER, ER-Golgi intermediate compartment (ERGIC), and Golgi, indicative of a presence of dendritic secretory pathway. Interestingly, although some of those proteins were found nearby SA in dendritic spines, others were found within dendrites away from SA. In contrast, a couple of subsequent studies were not able to verify this finding in cultured neurons (Hanus et al., 2014; Bowen et al., 2017). Whether or not the difference in sample type is accountable for this apparent discrepancy remains to be tested.

Another distinct secretory organelle found in dendrites is termed Golgi outpost (GOP), which was first defined in cultured hippocampal neurons (Horton and Ehlers, 2003). A correlation between the localization of GOPs at branch points and dendritic growth in both Drosophila (Ye et al., 2007; Lin et al., 2015) and mammals (Horton et al., 2005; Ye et al., 2007) supports the purported function of GOPs in dendritic growth via PM supply. In the branch points, GOPs have been shown to function in supplying PM proteins, such as BDNF (Horton and Ehlers, 2003), ADAM10 (Saraceno et al., 2014), Kainate receptors (Evans et al., 2017), and NMDA receptors (Jeyifous et al., 2009) in mammalian hippocampal neurons. The potential role of GOPs in the dendritic pathology of neurological disorders has been recently discussed in a review article (Caracci et al., 2019). However, GOP seems to be relatively rare in mammalian neurons (Horton et al., 2005; Hanus et al., 2014; Bowen et al., 2017), and even absent in mouse Purkinje cells 2 weeks after birth (Liu et al., 2017). Therefore, the importance of GOPs in dendritic morphology in adult neurons remains to be further elucidated.

Relatively recently characterized dendritic secretory units further complicate our understanding of the dendritic secretory pathway. ERGIC is normally sandwiched in between ER and cis-Golgi but is scattered all over the dendrites of rat hippocampal (Hanus et al., 2014) or cortical neurons (Bowen et al., 2017). In dendrites, ERGIC seems to perform a secretory function, bypassing Golgi entirely (Hanus et al., 2014; Bowen et al., 2017). However, by using a highly specific Golgi marker, pGolt, another study provides evidence that a small (200–1,000 nm in diameter) Golgi membrane compartment, termed Golgi satellite (GS), exists in between ERGIC and retromer in dendrites and participates in local PM turnover in rat hippocampal primary neurons (Mikhaylova et al., 2016). The authors further show that GSs are more numerous than GOPs and are positive for some Golgi markers, but not for all. Considering that cis-, medial-, and trans-Golgi compartments often exist separately in Drosophila da neuronal dendrites (Zhou et al., 2014), failure to detect Golgi compartments in dendrites of other types of neurons by some other groups may be due to the simplified structure of dendritic Golgi, which may be missing some structural proteins that are often used to label Golgi, such as GM130 (Zhou et al., 2014). Overall, the dendritic secretory pathway is extremely complicated and there is still much left to be discovered.




THE LOCAL MOLECULAR MACHINERY THAT MAY REGULATE DENDRITIC ENDOCYTIC AND SECRETORY PATHWAYS FOR PM TURNOVER


Rab GTPases as Potent Local Regulators of the Endocytic Pathway

Ras-related in brain (Rab) GTPase proteins are among the most compelling candidate molecular machinery that may play crucial roles in (dendritic) PM turnover. Rabs, which were first found in rat brains (Salminen and Novick, 1987), are significantly conserved among eukaryotes from yeast to human (Rojas et al., 2012). To date, more than 60 different Rabs have been identified in humans (Kiral et al., 2018). Rabs are the largest group of proteins in the Ras superfamily and function as molecular switches in diverse cellular contexts (Zhen and Stenmark, 2015); they are master regulators of membrane transport between organelles, or between an organelle and PM (Wandinger-Ness and Zerial, 2014). Given these known generalized functions, Rabs will likely play a major role in neuronal dendritic PM turnover.


Regulation of Rab Activity by Switching Its Guanine Nucleotide Status

The activity of Rab is determined by its guanine nucleotide status: GTP-bound is active and GDP-bound is inactive. Regulatory proteins, such as Rab guanine nucleotide exchange factors (Rab GEFs), Rab GTPase-activating proteins (Rab GAPs), and Rab-GDP dissociation inhibitors (Rab GDIs) control the guanine nucleotide status of Rab (Welz et al., 2014). Rab GEFs facilitate the release of GDP from Rabs, which allows them to bind GTP (Stenmark, 2009). GTP-bound active Rabs are then targeted to the particular membrane site where they collect effector proteins, such as sorting adaptors, tethering factors, kinases, phosphatases, and motor proteins, through which vesicle trafficking is mediated between membranous compartments. On the other hand, Rab GAPs catalyze the hydrolysis of GTP into GDP. Subsequently, Rab GDI binds to Rab-GDP, extracts it away from the membrane, and stabilizes this inactive form of Rab in the cytosol by preventing it from releasing GDP.



Characterized Roles of Rab GTPases in PM Turnover via the Endocytic Pathway

Endosomal membrane trafficking can be broadly divided into two different pathways: PM internalization to endosomal compartments and recycling vesicles from endosomes to PM. In this review article, we briefly explain the roles of various Rabs associated with each pathway (summarized in Table 2).

TABLE 2. Rab GTPases in endocytic pathways.
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PM to EE

Retrieval of the PM is mediated by the internalization of a portion of PM, mostly via CME (Bitsikas et al., 2014). The endocytic vesicles are then targeted to EEs by Rab5. PM proteins, such as Transferrin Receptor (TfR), epidermal growth factor receptor (EGFR; Leonard et al., 2008), and β-2-adrenergic receptor (β2AR; von Zastrow and Williams, 2012), are reported to be transported to EEs via this endocytic pathway.

How Rab5 regulates this endocytic pathway is relatively well known. First, Rab5-GDI and adaptor protein 2 (AP2) complexes initiate vesicle budding from PM at clathrin-coated pits (McLauchlan et al., 1998). Rab5-vesicles then uncoat AP2 adaptor complexes and coat proteins, a process required for vesicle fusion with EEs (Semerdjieva et al., 2008). Lastly, Rab5 recruits various effectors, such as VPS34, EEA1, and Rabaptin-5/Rabex-5 complex (Stenmark et al., 1995; Horiuchi et al., 1997; Rubino et al., 2000), through which the endocytic vesicles dock and fuse with EE membrane.



Endosomes to PM

The PM is recycled mostly through two distinct endosomal pathways: the rapid recycling (1–5 min) pathway, through which membrane vesicles are transported directly from EEs to PM; and the slow recycling (10–20 min) pathway, through which membrane vesicles are transported to PM via REs (Jonker et al., 2020).


Rapid Recycling

TfR is among the well-characterized membrane proteins that go through the rapid recycling pathway. This pathway is known to be selectively blocked by knockdown or knockout of Rab35 (Kouranti et al., 2006), or by overexpression of its dominant-negative form (Patino-Lopez et al., 2008). In addition to Rab35, Rab4 also plays a crucial role in the regulation of TfR recycling via the rapid recycling pathway. Rab4 is primarily located around the exit sites of EE (EEES), where membrane fission actively occurs (Stenmark, 2009). At EEES, Rab4 recruits effectors, thereby promoting the Class I ARF cascade. It has been shown that inhibition of Rab4 effectors disrupts the elongated tubular formation of EE, an important process in the rapid recycling pathway (D’Souza et al., 2014). Consistently, when Rab4 was inhibited by overexpressing its dominant-negative form in HEK293 cells, TfR rapid recycling was perturbed (Yudowski et al., 2009).



Slow Recycling

RE is defined as a membranous compartment positive for Rab11 (Grant and Donaldson, 2009). Fluorescent live imaging shows that RE is generated by tubule elongation of EE, from which Rab5 gradually disappears and is replaced by Rab11 (Sönnichsen et al., 2000). Rab11 works together with numerous other Rabs and their effectors to engage in the overall process of slow recycling of various membrane proteins, such as AMPA receptor, rhodopsin, EGFR, TLR4, β1 integrin, N-cadherin, and E-cadherin (Kelly et al., 2012). In the following paragraphs, we will describe the slow recycling pathway, which comprises two continuous processes: EE-to-RE vesicle trafficking and RE-to-PM vesicle targeting.

In EE-to-RE trafficking, Rab10, Rab11, Rab22, and Rab25 are reported to be associated with this process as depletion or expression of dominant-negative forms of these proteins showed a decreased number of REs or inhibited RE biogenesis in diverse cell types (Wang et al., 2000; Weigert et al., 2004; Chen et al., 2006; Barral et al., 2008). For example, it seems that Rab11 and its effectors, such as Rab11 family interacting proteins (Rab11-FIPs) and microtubule motor proteins, are associated with EE-to-RE trafficking (Welz et al., 2014). Specifically, the Rab11 family interacting protein3 (Rab11-FIP3) complex was shown to directly interact with dynein light intermediate chain 1 (DLIC-1) and disruption of FIP3 binding with DLIC-1 inhibited EE-to-RE trafficking of TfR in epidermal carcinoma human cells (Horgan et al., 2010).

Vesicle targeting from REs to PM is achieved by the cooperation of Rab8 and Rab11. According to a previous study in hippocampal CA1 neurons, Rab11 translocates AMPA receptor-containing vesicles from the dendritic shaft to the dendritic spine. Then, Rab8 directly drives the insertion of AMPA receptor-containing vesicles into the synaptic membrane (Brown et al., 2007). This process is known to involve the actin cytoskeleton, which facilitates the movement of these vesicles. Myosin-Vb (MyoVb), an actin motor protein that can form a complex with Rab11 and FIP-2, directly mediates RE-to-PM vesicle transport (Wang et al., 2008). For tethering of vesicles coming from REs to PM, the interaction between Rab11 and the exocyst complex is required. One of the Rab11 effectors, Sec15, plays an important role in this process (Zhang et al., 2004). Once Sec15 binds to Rab11, they initiate sequential recruitment of exocyst complex subunits including cytoplasmic Exo84, Sec5, Sec6, Sec8, and Sec10, and PM-attached Exo70 and Sec3 (Zhang et al., 2004; Heider and Munson, 2012). They directly link the vesicle membrane and PM to promote targeted fusion of Rab11 vesicles with the PM.


Evidence for the Regulatory Roles of Rabs in Dendrite Morphogenesis

One of the best examples of experimental evidence for the involvement of early endosomal Rabs in dendrite morphogenesis comes from a study by Satoh et al. (2008), who showed in Drosophila class IV da (C4 da) neurons that mutation of a dynein subunit gene, dlic, led to proximally “bushy” dendrites and that dlic and Rab5 double mutation resulted in greatly simplified dendritic morphology. Interestingly, this double mutant phenotype was similar to those seen in neurons with Rab5 mutation only. These data indicate that Rab5, in a co-operation with dlic, plays a regulatory role in dendrite morphogenesis. Another study on the genetic interaction between Protein Kinase A (PKA) and Rab5 in C4 da neurons showed that PKA could also contribute to the dendritic arbor development by altering Rab5-endosomal transport in dendrites (Copf, 2014). More recently, it was reported that BDNF-induced dendritic branching accompanied increased number and mobility of TrkB-positive Rab5-endosomes in cultured rat hippocampal neurons (Moya-Alvarado et al., 2018). Accordingly, expression of the dominant-negative form of Rab5 reduced dendritic arborization which was partially rescued by BDNF treatment.

Many studies also described the association between Rab35 and Rab4 with dendrites. Rab35 was shown to recruit a series of effectors, such as MICAL-L1, ACAP2, and EHD1, to inactivate ARF6 (Kobayashi and Fukuda, 2013) and promote vesicle targeting from REs to neurite tips, thereby inducing neurite outgrowth in PC12 cells (Kobayashi et al., 2014). Rab4-positive endosomes have been associated with the dendritic formation in Drosophila C4 da neurons (Zheng et al., 2008). They showed that dlic mutants induced proximal shift in both Rab4-positive endosomes and dendritic branch distribution. However, dlic mutants also altered localization of GOPs, suggesting that the proximal shift in the branch distribution may be, at least in part, due to the mislocalization of both Rab4-positive endosomes and GOPs. Also, Rab4 is reported to collect its neuron-specific effector GRASP-1 to co-ordinate RE maturation, which is necessary for surface expression of AMPA receptor in dendrites of cultured rat hippocampal neurons (Hoogenraad et al., 2010). A more recent study showed that Rab4 forms a complex with GluN2B and VPS35 to regulate the surface expression and recycling of GluN2B-NMDA receptor in dendrites of cultured mouse hippocampal neurons (Gromova et al., 2018). In this process, active Rab4 collects Neurobeachin (NBEA), a Brain-enriched multi-domain protein, to link the complex with motor protein KIF21B, which enables vesicle trafficking. Deficiency of either NBEA or KIF21B results in decreased actin enrichment in dendritic spines and consequent reduction of dendritic spine number.

REs have been studied extensively in neuronal dendrites; Rab11 is the most prominent RE-associated molecule. The role of Rab11 in dendrites was initially highlighted by a collection of research from the same group (Park et al., 2004, 2006), who showed that LTP-inducing stimuli promoted the mobilization of Rab11-REs towards dendritic spines and vesicle fusion with PM, which resulted in rapid spine growth in hippocampal neurons. Moreover, expression of the dominant-negative form of Rab11 decreased total spine numbers, whereas overexpression of wild-type Rab11 increased them (Park et al., 2006). More recent studies have shown the involvement of Rab11-REs in dendritic pruning in Drosophila C4 da neurons (Kramer et al., 2019; Lin et al., 2020). These studies suggest that appropriate localization of Rab11-REs in dendrites is crucial for dendritic PM turnover and morphogenesis.

The function of Rab10 has also been associated with dendrite morphogenesis in C. elegans (Taylor et al., 2015; Zou et al., 2015). Taylor et al. (2015) reported that Rab10 mutants showed a reduction in posterior dendritic branches, but an increase in distal anterior branches in PVD neurons, indicating that Rab10 is a critical regulator of dendrite morphogenesis and patterning in C. elegans PVD sensory neurons.

Although these studies provide substantial evidence supporting the involvement of Rabs in dendrite morphogenesis, the mechanism by and the effectors with which they regulate dendritic PM turnover remain unclear. Further studies clarifying the exact regulatory roles of Rabs in dendrite morphogenesis would enrich our understanding of the physiological roles of the entire endosomal pathway in neurons.



Evidence for the Involvement of Local Rab-Mediated Endocytic Pathway in Dendritic Pathology in NDs

Several previous studies provide experimental evidence to support a link between endosomal defects and neuronal pathology in NDs, which has been well-reviewed in recent articles (Kiral et al., 2018; Guadagno and Progida, 2019). For example, in postmortem brains of AD patients, enlargement of Rab5-positive EEs and upregulation of Rab4 were observed in pyramidal neurons of the prefrontal cortex at the early-stages (Cataldo et al., 2000), and upregulation of Rab4, Rab5, Rab7, and Rab27 was observed in the cholinergic basal forebrain neurons (Ginsberg et al., 2011). In line with this, in animal models of HD, impaired conversion from Rab11-GDP to Rab11-GTP, and delayed TfR recycling back to PM were observed in primary cortical neurons (Li et al., 2009). Besides these general links between Rab-mediated endocytic pathway and dendritic pathology in NDs, more direct evidential links have been reported in studies using animal models of NDs. Umeda et al. (2015) reported that intracellular Aβ oligomers impaired endocytic vesicle trafficking of TfR in dendrites, which resulted in dendritic spine alteration in mouse primary neurons. Richards et al. (2011) showed that cultured hippocampal neurons expressing mutant huntingtin (htt) displayed a loss of dendritic spines when they were in proximity to htt aggregates and that this loss was due to functional defects in Rab11-mediated local endosomal recycling caused by the aggregates. Also, a previous study showed that the loss-of-function of TDP-43 in primary hippocampal neurons reduced the number and motility of Rab11-positive REs regulating NRG1-ErbB4-mediated trophic signaling in dendrites, thereby inducing dendritic defects (Schwenk et al., 2016). Another study showed that overexpression of mutant CHMP2B, which is associated with Frontotemporal dementia (FTD), in primary cortical neurons increased dendritic branches and decreased endolysosomal trafficking in dendrites (Clayton et al., 2018). Although the link between endosomal defects and dendritic pathology in a subset of NDs has been characterized as shown above, further studies on the details of underlying pathogenic mechanisms warrant further scrutiny.


COPI and COPII as Potential Local Regulators of the Secretory Pathway

No matter which dendritic secretory pathway is being considered, the early secretory pathway (from ER-to-Golgi or ER-to-ERGIC) seems to be involved. In this section, we will briefly outline the generalized characteristics of the early secretory pathway by describing some of its key regulators and make extensions to the dendritic secretory pathway and NDs where appropriate.


Regulation of COPII Vesicle Budding and Fusion in the Early Secretory Pathway

The secretory pathway comprises the transport of secretory and membranous materials from ER to Golgi and ultimately to PM. ER-to-ERGIC and ERGIC-to-Golgi in mammals and ER-to-Golgi transport in other less-developed species such as Drosophila and yeast are mediated by coat protein complex II (COPII) vesicles (Brandizzi and Barlowe, 2013). The COPII pathway is initiated from the ER exit site (ERES), a site on the ER that lacks ribosomes, which is defined by the presence of Sec16 (Hughes et al., 2009) anchored there by leucine-rich repeat kinase 2 (LRRK2; Cho et al., 2014). Sec16 recruits Sec12 (Montegna et al., 2012), a GEF for Sar1 (Barlowe and Schekman, 1993). Sar1, in turn, recruits the inner COPII components (Sec23–Sec24 complex; Matsuoka et al., 1998). Next, the outer COPII components (Sec13–31 complex) are recruited to and bind at the interface of the Sar1-Sec23 complex (Bi et al., 2007; Fromme et al., 2007). These inner and outer COPII components ultimately induce GTP hydrolysis of Sar1, which leads to the scission of COPII vesicles from the ER (Bielli et al., 2005; Fromme et al., 2007). Immediately after scission, the vesicles uncoat prior to fusion with the ERGIC or cis-Golgi (Suda et al., 2017). This fusion process is mediated by Rab1 GTPase on COPII vesicles and GM130 on the membranes of ERGIC or cis-Golgi (Sztul and Lupashin, 2009).



Regulation of COPI Vesicle Budding and Fusion in the Early Secretory Pathway

The transport process between the ER and Golgi is not unidirectional. The best characterized retrograde transport process from Golgi to ER is the COPI pathway (Spang, 2013; Arakel and Schwappach, 2018). COPI comprises γ-COP–δ-COP–ζ-COP–β-COP tetrameric complex and α-COP–β′-COP–ε-COP trimeric complex that forms inner and outer layers of the COPI coat, respectively (Eugster et al., 2000). These complexes are recruited to the Golgi membrane upon activation of the ADP-ribosylation factor (ARF). Once recruited to the Golgi membrane, the subunits α-COP, β′-COP, γ-COP, and δ-COP recognize specific motifs on cargoes and promote their incorporation into COPI vesicles (Cosson and Letourneur, 1994; Brandizzi and Barlowe, 2013). The scission of COPI vesicles is mediated by dimerization of ARF1 (Beck et al., 2008, 2011), and its GTP hydrolysis promotes the uncoating of COPI vesicles (Tanigawa et al., 1993) before fusing with the ER membrane via Dsl1 tethering complex in yeast (Andag and Schmitt, 2003; Ren et al., 2009) and likely the NAG-RINT1-ZW10 (NRZ) complex in mammals (Hirose et al., 2004; Civril et al., 2010). However, whether these processes are conserved in the dendritic secretory systems in neurons remains unclear.



Evidence for the Involvement of Dendritic Secretory Pathway in Dendritic Pathology

Although the origins of dendritic secretory units are mostly unknown, we suspect that they are not entirely discrete from the canonical secretory units in the soma. Indeed, a study reported that GOPs may originate from somatic Golgi in rat hippocampal neurons (Quassollo et al., 2015). Interestingly, functional and structural alterations of somatic Golgi, termed Golgi pathology (Gosavi et al., 2002; Liazoghli et al., 2005; van Dis et al., 2014), as well as impaired exocytosis mediated by the secretory pathway (Larsen et al., 2006; Spencer et al., 2016), has been frequently observed in neurons of animal models for NDs. Provided that the dendritic secretory system has some reliance on the canonical secretory system, these evidences suggest a possibility of widespread involvement of the dendritic secretory pathway in dendritic pathology.

A recent study on polyQ toxicity in Drosophila has also provided a link between the dendritic secretory pathway and dendritic pathology. Chung et al. (2017) showed that nucleus-accumulated polyQ proteins led to the reduction of the CrebA mRNA level. Because CrebA is the master regulator of the secretory pathway (Abrams and Andrew, 2005; Fox et al., 2010), polyQ toxicity led to the perturbation of the COPII pathway, thereby decreasing GOP formation, and ultimately resulting in reduced dendritic branches (Chung et al., 2017). Indeed, knockdown of Sec31 (Chung et al., 2017) or homozygotic mutation in Sar1 in Drosophila da neurons (Ye et al., 2007) reduced the number or integrity of GOPs, respectively. The disruption also led to a significantly decreased dendritic PM supply, although to what extent GOPs, rather than somatic Golgi, contribute to such decrease is difficult to tell. Interestingly, when GOPs were selectively ablated by laser, dendritic branch dynamics were reduced (Ye et al., 2007). However, the extent to which the laser-ablated GOPs were not measured nor did the authors examine other potential damage that may have been induced by the laser.

Glutamatergic excitotoxicity involving the NMDA receptor is often observed in animal models of NDs (Lewerenz and Maher, 2015). Interestingly, NMDA receptor trafficking in dendrites is mediated by dendritic ERES and GOPs (Aridor et al., 2004; Jeyifous et al., 2009). This evidences suggest that excitotoxicity involving NMDA receptors may be dependent on the dendritic secretory pathway. Upon knock-out of Lrrk2, Sec16A detached from the dendritic ERES, which led to the impairment of ER-to-Golgi transport and NMDA receptor trafficking in mouse primary hippocampal neurons (Cho et al., 2014). Also, overexpression of PD-linked LRRK2 mutants has been shown to induce NMDA receptor-mediated excitotoxicity, leading to dendritic degeneration in rat cortical neurons (Plowey et al., 2014). These evidences support a model that suggests that the dendritic secretory pathway is regulated by LRRK2 whose dysfunction in PD is associated with NMDA receptor-mediated excitotoxicity and dendritic degeneration. Interestingly, Lin et al. (2015) found that Lrrk, a Drosophila ortholog of LRRK2, co-localized with somatic Golgi and GOPs in Drosophila da neurons, and that overexpression of a PD-linked mutant form of LRRK2, LRRK2 G2019S, suppressed anterograde movements of GOPs marked by ManII-eGFP. This GOP transport defect may underlie the dendrite degeneration observed in LRRK2 G2019S-expressing Drosophila da neurons (Lin et al., 2010). Whether or not other dendritic secretory units are also linked to NDs awaits further investigation.









CONCLUSIONS AND PERSPECTIVES

Neuronal dendrites seem to be highly vulnerable to neurotoxic insults, including those that arise in NDs (Luebke et al., 2010; Kulkarni and Firestein, 2012; Hasel et al., 2015; Kweon et al., 2017). This vulnerability may be partly due to differences between dendrites and soma in their response to stress, such as exposure to ROS or NMDA (Hasel et al., 2015). Here, we propose that dendritic endocytic and secretory pathways may be more susceptible than the canonical pathways to neurotoxicity, which could contribute to the vulnerability of dendrites in NDs.

Although the dendritic and the canonical pathways occur in distinct areas of the neuron, they share many of the regulatory molecules. Also, pieces of evidence show that at least parts of the dendritic secretory system, such as GOPs, may be derived from the canonical somatic secretory system (Quassollo et al., 2015), suggesting that the dendritic secretory system is under the purview of the canonical system in the soma. Thus, it is possible that when endocytic and secretory functions are under assault in neurons, the canonical system may need to limit its purview in dendrites to support its somatic functions. We posit several reasons in support of this possibility: (1) knockdown of Sec31 and nuclear polyQ expression lead to the loss of GOPs, but not somatic Golgi (Chung et al., 2017); (2) loss-of-function mutations of genes related to ER-to-Golgi trafficking, such as Sec31, Rab1, and Sar1, all lead to impaired arborization of dendrites, but normal morphology of axons in Drosophila da neurons (Ye et al., 2007); (3) a partial loss-of-function in Golgi SNARE protein Membrin causes neuron-specific dysfunctions and significantly impairs dendritic growth in a Drosophila model for progressive myoclonus epilepsy (Praschberger et al., 2017); (4) neurons often undergo dendritic degeneration before cell death in NDs (Klapstein et al., 2001; Jaworski et al., 2011; Fogarty et al., 2016); (5) shrinking dendritic area has been identified as an adaptive response to SCA1 toxicity (Dell’Orco et al., 2015); (6) dendrites in Drosophila motoneurons (Ryglewski et al., 2014) and da neurons (Shorey et al., 2020) have been shown to be dispensable for neuronal survival; and (7) endocytic and secretory dysfunctions are often observed in a number of NDs (Wang et al., 2020). These results may partly explain the fact that neuronal dendrites are more vulnerable to neurotoxicity than other neuronal domains (Luebke et al., 2010; Hasel et al., 2015; Kweon et al., 2017). Further investigations in the dendritic endocytic and secretory pathways will be needed to test the validity of our hypothesis in addressing the issue of dendritic vulnerability in NDs.

In this review article, we presented our perspective view that impaired PM turnover involving dysregulation of the dendritic endocytic and secretory pathways may contribute to dendritic pathology in NDs. Although there is a growing body of evidence for the potential link between impaired PM turnover and dendritic pathology in NDs, our understanding of the exact pathogenic mechanisms remains largely elusive. We propose that dendritic pathology in NDs may involve dysregulation of the regulatory machinery, such as Rab GTPases and COPI/COPII, for the dendritic endocytic and secretory pathways described above. Dysregulation of the dendritic pathways appears to complement cytoskeleton impairment as underlying pathogenic mechanisms for dendritic pathology. Because dendritic defects are often early features of ND, future studies to elucidate the pathogenic mechanisms by which impaired PM turnover contributes to dendritic pathology in NDs will deepen our understanding of the early pathogenesis of NDs.
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Dendrite and axon arbor wiring patterns determine the connectivity and computational characteristics of a neuron. The identities of these dendrite and axon arbors are created by differential polarization of their microtubule arrays, and their complexity and pattern are generated by the extension and organization of these arrays. We describe how several molecularly distinct microtubule organizing center (MTOC) mechanisms function during neuron differentiation to generate and arrange dendrite and axon microtubules. The temporal and spatial organization of these MTOCs generates, patterns, and diversifies arbor wiring.
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INTRODUCTION

Nervous system computation requires intricate neuronal wiring patterns. To achieve this, a differentiating neuron generates complex axon and dendrite arbors. The generation of these arbors depends upon concurrent construction of specialized microtubule networks within the extending and branching dendrites and axons. The invasion of polymerizing microtubules into the tips of elongating axons and dendrites exerts a growth force (Kapitein and Hoogenraad, 2015; Santos et al., 2020), and it provides tracks for microtubule motors to traffic machinery and materials for further growth (Schelski and Bradke, 2017; Burute and Kapitein, 2019; Kelliher et al., 2019).

It is well-described that within the neuron a suite of microtubule associated proteins (MAPs) and microtubule associated motors organize the microtubules, and that these microtubules undergo post-translational modifications that alter their stability and their interactions with molecular motors; for recent reviews please see (Kapitein and Hoogenraad, 2015; Lasser et al., 2018; Park and Roll-Mecak, 2018; Burute and Kapitein, 2019; Kelliher et al., 2019). On the other hand, despite a clear necessity for local microtubule generation during neuron differentiation, the underlying mechanisms have remained unclear.

At the heart of these mechanisms is de novo microtubule generation—the process where new microtubules are nucleated within the cell. As it is kinetically unfavorable to nucleate microtubules by spontaneously arranging free heterodimers, cellular mechanisms favor the construction of short microtubule seeds from which further polymerization can proceed. This seed formation is organized spatially within the cell, and it is often concentrated at microtubule organizing centers (MTOCs). Although the mechanisms by which MTOCs template and arrange microtubules into high-order structures in proliferating cells are well-documented (Prosser and Pelletier, 2017; Martin and Akhmanova, 2018; Paz and Luders, 2018), how this occurs in postmitotic neurons is only now being understood.

In this article, we summarize recent data that reveal several distinct modes of MTOC formation and de novo microtubule generation within a differentiating neuron. Because final complex arbor wiring patterns are generated through a series of morphogenetic differentiation events (Yoong et al., 2019), we then go beyond the level of molecular mechanism to synthesize a view at the systems level. We discuss how the usage of distinct microtubule generation mechanisms changes as arbor formation proceeds, how they are spatially and temporally organized in the differentiating neuron to generate arbor complexity, and how changing the relative activity of distinct MTOC mechanisms diversifies arbor patterning.



ORGANIZATION AND COMPETITION BETWEEN MOLECULAR MACHINERIES OF DE NOVO MICROTUBULE GENERATION

Microtubule seed generation occurs via the γ-Tubulin ring complex (γ-TuRC). This complex is formed from γ-Tubulin (γ-Tub) and the Tubulin gamma complex associated proteins (Tubgcp) 2–5, in vertebrates (Grip75, 84, 91, 128, and 163 in Drosophila). Tubgcp 2–5 assemble into an inverted cone (Consolati et al., 2020; Liu et al., 2020; Wieczorek et al., 2020). In purified human γTuRC shows, this was shown to be further stabilized by MITOTIC SPINDLE-ORGANIZING PROTEIN 2 (MZT2); (Consolati et al., 2020). γ-Tub monomers assemble into a ring atop the inverted cone. Each γ-Tub monomer serves as a surface for the β face of the initial α/β-Tub heterodimer to bind, with the ring structure as a template for the tubular organization of the resultant microtubule. Individual filaments extend by progressive end-to-end stacking of α/β-Tub heterodimers. At the same time, neighboring filaments bind together to create the characteristic tubular organization. The exposed α-Tub face is called the plus-end, and growth initiates from this face at the seed stage. Plus-ends of microtubules are fast-growing and represent the major sites of microtubule elongation in cells, including neurons (Feng et al., 2019). The β face, which is attached to the to γ-TuRC at the seed stage, is the minus-end. This often stays attached to the γ-TuRC to prevent depolymerization. However, if the γ-TuRC is removed, the exposed β face is instead capped with an alternative complex which, in neurons, has been shown to be through Calmodulin-regulated spectrin-associated protein (Camsap in mammals, Patronin in Drosophila) family members (Yau et al., 2014; Feng et al., 2019). This Patronin cap stabilizes the minus-ends; it also promotes slow minus-end polymerization (Martin and Akhmanova, 2018; Akhmanova and Steinmetz, 2019).

In addition, assembly of a microtubule seed is catalyzed by Tpx2 Targeting Protein for Xklp2 (Tpx2 in vertebrates; Mei38 in Drosophila) and Cytoskeleton associated protein 5 (Ckap5; also called Xmap215, or Colonic and hepatic tumor overexpressed gene protein (Ch-TOG) in vertebrates; Minispindles [msps] in Drosophila). Tpx2 acts by binding across neighboring longitudinal and lateral tubulin dimers (Li et al., 2017), while Ckap5 binds to a single γ-Tubulin monomer at the γ-TuRC and extends out to recruit and stabilize a line of α/β-Tubulin heterodimers along the seed filament (Thawani et al., 2018). Notably, through linear heterodimer binding action, Ckap5 also continues to promote polymerization of bone fide microtubule beyond the initial stage of seeding (Thawani et al., 2018). Both these factors also catalyze microtubule formation in the absence of γ-TuRC (Wieczorek et al., 2015).

γ-TuRCs are usually recruited to MTOCs, where they are arranged and activated to give rise to microtubules. In dividing cells, the centrosome, mitotic spindle, and Golgi stacks are well-described sites of MTOC activity. Recruitment to MTOCs is managed by a suite of γ-TuRC-tethering proteins (γ-TuRC-TPs); these include Neural precursor cell Expressed, Developmentally Down-regulated protein 1 (Nedd1 in vertebrates; Grip71 in Drosophila), Mitotic Spindle Organizing Protein 1 (Mzt1), CDK5 Regulatory Subunit Associated Protein 2 (Cdk5rap2 in vertebrates; Centrosomin [Cnn] in Drosophila), Myomegalin, and Pericentrin (Pcnt in vertebrates; Pericentrin like protein [Plp] in Drosophila). An overview of γ-TuRC-TP structure and mechanism can be found in (Tovey and Conduit, 2018). A subset of these γ-TuRC-TPs, Cdk5rap2/Cnn, Myomegalin, and Pcnt (but not Plp), contain a CM1 domain (Centrosomin1 domain) which activates γ-TuRC to induce production of microtubules (Choi et al., 2010). This activation event is likely through a conformational change in γ-TuRC (Choi et al., 2010; Consolati et al., 2020; Liu et al., 2020; Wieczorek et al., 2020).

Overall, distinct MTOC activities are created by using characteristic compositions of γ-TuRC-TPs and employing these γ-TuRC-TPs in specific phosphorylation states. In dividing cells, the centrosome serves as the principal MTOC. It is surrounded by a network of γ-TuRC-TPs including Pcnt, Cdk5rap2, and Nedd1, and scaffolding factors including Ninenin (Nin) and Centrosome and Golgi localized protein kinase N (PKN)-associated protein (CG-NAP; also called A-kinase anchoring protein 450 [AKAP450]) in mammals. Together, these make up the pericentriolar material (PCM), which recruits and activates γ-TuRC to nucleate the mitotic spindle during cell division. In addition, acentrosomal nucleation events also occur to further build the spindle. One such event utilizes a RanGTP (Ras-related nuclear protein) gradient to trigger nucleation and promote the interaction of the γ-TuRC complex with Tpx2 in a process that is regulated by Aurora A kinase phosphorylation (Pinyol et al., 2013). Another event involves the eight proteins of the Augmin complex [known as homologous to Augmin subunits [HAUS] in vertebrates (Goshima et al., 2008; Lawo et al., 2009)]. Augmin targets γ-TuRC onto an existing host microtubule. It initiates a nucleation event that forms a new microtubule from the side of the pre-existing host microtubule; this new microtubule inherits the same polarity within the cell as the host (Kamasaki et al., 2013; Petry et al., 2013). For detailed reviews of these MTOC mechanisms see (Prosser and Pelletier, 2017; Martin and Akhmanova, 2018; Paz and Luders, 2018; Akhmanova and Steinmetz, 2019).

MTOCs compete amongst themselves for common resources within a cell; for example, in Drosophila syncytial embryos, blocking Augmin-dependent nucleation in spindles increases centrosome activity, while reducing centrosomal nucleation activity increases nucleation in the spindle (Hayward et al., 2014). A tug-of-war like competition for a restricted population of γ-TuRC recruitment factors is the likely mechanism [further discussed by (Tann and Moore, 2019)]. Because of this potential for tug-of-war competition between MTOCs, one way to shape the microtubule network during neuron differentiation is by differential regulation of γ-TuRC-TPs levels or activity, and an example of this is neuron type-specific control of Cnn in Drosophila da neurons (Yalgin et al., 2015).

The fundamental MTOC components described in other cell types are similarly utilized in neurons to generate and organize microtubule networks during arbor differentiation. Experimental manipulations of γ-Tub or γ-TuRC-TPs in neurons lead to a series of changes in microtubule density, organization, and polarity orientations in the axon, dendrites, and soma; in addition, these changes often alter arbor patterning (Ori-McKenney et al., 2012; Nguyen et al., 2014; Zhou et al., 2014; Yalgin et al., 2015; Sánchez-Huertas et al., 2016; Cunha-Ferreira et al., 2018; Liang et al., 2020; Weiner et al., 2020). As we describe below, during neuron differentiation, these components are organized into a series of different MTOC forms.



NEURONAL PRECURSOR CELL MITOTIC MACHINERY IS REUTILIZED IN THE NASCENT NEURON TO SUPPORT INITIAL NEURITE OUTGROWTH

The generation of microtubule networks in a differentiating neuron is aided by a series of MTOCs, the composition and organization of which evolve throughout the process. Initially, the neuron inherits a centrosome from its mother, and at the first stages of differentiation in cultured rodent hippocampal, cortical, and dorsal root ganglion (DRG) neurons, the centrosome continues to nucleate microtubules (Mori et al., 2009; Stiess et al., 2010; Rao et al., 2016; Yamada and Hayashi, 2019). On the other hand, this is not seen in Drosophila sensory neurons in vivo (Nguyen et al., 2011). Some of these microtubules are transported into neurites via motor-based microtubule sliding to support initial outgrowth that provides both plus-ends-out and minus-ends-out microtubule populations; see reviews by (Baas and Falnikar, 2012; Del Castillo et al., 2019).

Then, the centrosome loses MTOC activity. The primary driver for this change is likely to be the post-mitotic downregulation of Nedd1 (Stiess et al., 2010; Sánchez-Huertas et al., 2016) and alternative splicing of Nin (Srivatsa et al., 2015; Zhang et al., 2016), as these changes are observed occurring in parallel with the loss of centrosome MTOC activity in rodent hippocampal and cortical cultures. γ-Tub, Pcnt, Cdk5rap2, Nin, Tpx2, and Nedd1 are all reduced or lost from the centrosome and shifted to new sites (Baird et al., 2004; Mori et al., 2009; Ohama and Hayashi, 2009; Stiess et al., 2010; Srivatsa et al., 2015; Yonezawa et al., 2015; Sánchez-Huertas et al., 2016; Zhang et al., 2016). For example, in cultured rodent cortical neurons, after the PCM is dismantled, there is a transient period in which γ-Tub/Mzt2 positive puncta spread throughout the soma, giving rise to microtubules (Yamada and Hayashi, 2019; Figure 1A).
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FIGURE 1. (A) In cultured rodent cortical neurons, as the centrosome is decommissioned as an MTOC, there is a phase of somatic γ-Tub-mediated microtubule organization. (B) In cultured rodent hippocampal neurons, RanGTP localization at the base and distal domains of the extending neurite supports Tpx2-mediated microtubule generation. During neurite outgrowth actin waves that progress along the neurites trigger increased microtubule generation in their wake. (C) In cultured rodent DRG neurons, the centrosome is first situated at the base of one neurite, and at this position Tpx2 facilitates Aurora A activation. As the centrosome migrates away, it leaves behind a new Aurora A-Tpx2 based MTOC.


In cultured rodent hippocampal neurons, RanGTP becomes concentrated in two positions in every newly forming neurite: one at the base and one in the distal portion. At these positions, RanGTP triggers Tpx2-dependent microtubule generation (Chen et al., 2017; Figure 1B). In cultured rodent DRG neurons, there is a local hand-off of Tpx2-centered nucleation machinery from the centrosome to an acentrosomal site. Initially, the centrosome is located at the base of one neurite, where it generates microtubules. Then, the centrosome migrates away from this position and at the same time it stops generating microtubules. When this occurs, it leaves behind a local foci of Aurora A kinase and Tpx2 that continues as a new MTOC (Mori et al., 2009; Figure 1C).

Microtubule generation within neurites is also triggered concomitant with the passage of actin waves. These are traveling waves of transient local actin reorganization into filopodia and lamellipodia that move slowly along the neurite from its base to its tip (Flynn et al., 2009). In cultured rodent hippocampal neurons, a local increase in microtubule generation activity occurs in the wake of the wave (Winans et al., 2016; Figure 1B). It is possible that RanGTP-Tpx2 based mechanisms are responsible for this local amplification of microtubule generation as actin waves transport RanGTP (Huang et al., 2020; Figure 1B).



MAINTENANCE OF AXON MICROTUBULE CYTOSKELETON UNIPOLAR ORGANIZATION

Alongside neurite formation, nascent neurons must polarize (Schelski and Bradke, 2017; Yogev and Shen, 2017). This is usually into one axon and multiple dendrites, although some specialized neuron types develop other configurations (Troutt et al., 1990; Mori et al., 2009; Harterink et al., 2018). Microtubules in the axon are predominantly oriented plus-ends-out, an anterograde organization (Baas et al., 1988; Yau et al., 2016). While in the dendrites of vertebrate neurons microtubules are a mix of minus-ends-out (retrograde) and plus-ends-out orientations (Baas et al., 1988; Kleele et al., 2014; Yau et al., 2016), in the dendrites of invertebrate neurons (demonstrated in Drosophila and C. elegans), they are predominantly minus-ends-out (Rolls et al., 2007; Goodwin et al., 2012). Importantly, these organizational differences of microtubule polarity direct compartment-specific trafficking of cargo within the neuron (Burute and Kapitein, 2019; Kelliher et al., 2019).

A complex set of signaling events are used to select one neurite to become the axon (Schelski and Bradke, 2017; Yogev and Shen, 2017). Even so, as demonstrated in cultured rodent hippocampal neurons, at the point when one neurite becomes the axon it shows a selective enhancement of stable plus-ends-out microtubules (Witte et al., 2008; Yau et al., 2016). One process involved in generating and maintaining axon unipolar organization is microtubule sliding (Baas and Falnikar, 2012; Del Castillo et al., 2019). A second is microtubule generation through Augmin.

Knockdown of Augmin components impedes cortical neuron polarization in vivo, and it suppresses the ability of drug-mediated microtubule stabilization to induce supernumerary axons in cultured rodent hippocampal neurons (Sánchez-Huertas et al., 2016; Cunha-Ferreira et al., 2018). In the axon, while there is evidence of a proximal enriched region of microtubule generation in both cultured rodent hippocampal neurons and multiple C. elegans neuron types in vivo (Yau et al., 2014; Harterink et al., 2018), data from the cultured rodent hippocampal neuron model shows that Augmin generates microtubules along the axon length. Similarly, it generates microtubules throughout the dendrites (Sánchez-Huertas et al., 2016; Cunha-Ferreira et al., 2018; Figure 2).
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FIGURE 2. In cultured rodent cortical neurons, Augmin complexes are localized together with γ-TuRC throughout differentiating axons and dendrites. They locally amplify microtubule generation. Augmin also supports plus-ends-out microtubule generation in the axon.


Augmin plays a further specific role in the axon; it maintains the specialized unipolar organization of axon microtubules. A key aspect of Augmin activity described in the spindle of human U2OS cells and in meiotic Xenopus egg extracts is that it nucleates a new microtubule that polymerizes with the same polarity as the host microtubule upon which it was initiated (Kamasaki et al., 2013; Petry et al., 2013). It is expected that the same mechanism occurs in neurons, and this explains changes in microtubule polarities in the axon when Augmin activity is lost. In the axon all the potential host microtubules are plus-ends-out, and Augmin activity enables newly generated microtubules to maintain this unipolar organization (Figure 2). With loss of Augmin, the new microtubules that form grow in either direction (Sánchez-Huertas et al., 2016; Cunha-Ferreira et al., 2018; Qu et al., 2019).



MTOCS TRACK THE GROWING TIPS OF PRIMARY DENDRITES

In contrast to the axon, dendrite differentiation requires the generation of both plus-ends-out and minus-ends-out microtubules. Two recent studies in C. elegans PVD and Drosophila da neurons show how MTOCs localized in the dendritic growth cones generate both a minus-ends-out and a plus-ends-out population that invade into the growing dendrite tip (Liang et al., 2020; Yoong et al., 2020).

In the dendritic growth cone of the C. elegans PVD neuron, γ-TuRCs assemble around RAB11-positive endosomes. This site at the tip of the extending dendrite is an MTOC that produces both anterograde and retrograde polymerizing microtubule populations; these create the plus-ends-out and minus-ends-out microtubule arrays of the dendrite, respectively (Figure 3A). Compared to the minus-ends-out population, the plus-ends-out microtubules that are generated from the tip MTOC pause longer between polymerization and depolymerization. When a sufficient plus-ends-out array is established, the MTOC moves toward the tip so that it tracks tip extension. With loss of the plus-end directed motor Kinesin-1 (UNC-116 in C. elegans), the MTOC is misplaced in the cell body; all microtubules in the dendrite now polymerize in from the soma, creating an axon-like unipolar plus-ends-out array (Figure 3A). Moreover, as Kinesin-1 prefers to move on stable microtubules, which are the plus end out population, these data suggest a model in which Kinesin-1 is engaged to move the MTOC along this plus-ends-out array so that it tracks tip extension (Liang et al., 2020).


[image: image]

FIGURE 3. (A) In C. elegans PVD neurons, dendritic growth cone MTOCs give rise to two distinct populations of polymerizing microtubules: plus-ends-out microtubules that invade the tip, and minus-ends-out microtubules that create the specialist polarity organization of the dendrite. This MTOC consists of γ-TuRC organized around a population of RAB11-positive endosomes. When the MTOC is mislocalized to the soma, all microtubules in the dendrite are now plus-ends-out. (B) Sites of MTOC activity in late stage neurons, illustrated for the combined data from multiple studies in Drosophila da neurons. (i) A subset of Golgi outposts is associated with γ-Tub, and unidirectional microtubule generation is promoted from some. (ii) In the mature neuron, Golgi mediated microtubule generation is principally from stacks in the soma. These generate a population of polymerizing microtubules that exclusively invade the axon. Golgi may also act as local site of microtubule generation at the branchpoints of a nascent branch. (iii) γ-Tub is localized at Rab5-positive endosomes at dendrite branchpoints. γ-TuRC-TPs and components of the Wnt signaling pathway are required for microtubule generation activity at these positions.


A tip MTOC is also seen in Drosophila da neurons. During primary dendrite outgrowth, a network of actin regulators centered around the actin motor Myosin6 set both the position and direction of the microtubule polymerization events generated from a dendritic growth cone MTOC. Furthermore, this MTOC is utilized in the splitting of the tip into new primary branches. Splitting correlates with surges in the generation of the anterograde polymerizing population; these anterograde polymerizing microtubules are then guided into nascent branches via retrograde extension of actin filaments at the base of growth cone filopodia (Yoong et al., 2020).

The growth cone MTOC at the tip of a growing dendrite is a developmental structure required to create and organize the microtubules of the primary dendrite arbor branches; a different kind of tip MTOC is found in some specialized mature sensory neurons (Harterink et al., 2018). These sensory neuron types have a single dendrite tipped with a sensory cilium (Troutt et al., 1990; Harterink et al., 2018). At the base of cilia is a basal body, which is created from a centriole that is reutilized after the centrosome has been decommissioned, and imaging of differentiating C. elegans neurons showed how a centriole is trafficked from the soma to the dendrite tip (Li et al., 2017). γ-TuRC components localize at the base of the cilia, and this region acts as an MTOC to produce anterograde polymerizing microtubules. Multiple C. elegans neuron types were examined to study the functional output of having this MTOC. In C. elegans neuron types without a distal MTOC, microtubule motor-based cargo transport is more efficient in the proximal dendrite, but it drops off in the distal dendrite. In contrast, in those types with a dedicated MTOC at the base of the cilia, the transport remains efficient along the length of the dendrite (Harterink et al., 2018).



MTOCS ASSOCIATED WITH HIGH ORDER DENDRITE BRANCHES

Dendritic growth cone MTOCs play a role in the formation of primary branch structure. However, neurons pattern through an evolving set of processes rather than repetitive use of a single set of local cell biological operations (Yoong et al., 2019, 2020). For the formation of high order branches, different processes are required. In multiple models including rodent hippocampal and cortical neurons, chick DRG neurons and Drosophila da neurons, high order branches form interstitial pioneer filopodia and lamellipodia that are then stabilized by the invasion of microtubules (Kalil and Dent, 2014).

In dendrites, microtubule invasion from the main dendrite trunk into higher order compartments occurs in differentiation processes, such the formation of terminal branches in Drosophila da neurons or spines in rodent hippocampal neuron cultures (Gu et al., 2008; Ori-McKenney et al., 2012; Stewart et al., 2012; Yalgin et al., 2015). It also occurs in activity-dependent spine remodeling in the mature neurons, as shown in rodent hippocampal neuron cultures and slice cultures (Hu et al., 2008; Jaworski et al., 2009; Merriam et al., 2011; Schatzle et al., 2018). This activity-dependent invasion of microtubules creates tracks for motor-mediated transport of synaptic cargo into the spine (Esteves da Silva et al., 2015). Based on recent data, it is interesting to speculate that actin reorganization to form a microtubule-capturing structure is a commonality between developmental and activity-dependent microtubule invasion processes. During major dendrite branching in Drosophila da neurons, extension of the tail of a subset of actin filaments toward the center of the dendrite growth cone is used to regulate the capture and guidance of polymerizing microtubules into filopodia (Yoong et al., 2020). In rodent hippocampal neuron cultures and slice cultures, spine activation leads to Cortactin-mediated projection of actin filaments into the main dendrite trunk from the base of the spine, and these filaments guide microtubules polymerizing along the main dendrite to turn into and invade the spine (Schatzle et al., 2018).

Drosophila da sensory neurons have been the major model used to study how and where microtubules are generated for late-stage dendrite branching processes. Local focal sites of microtubule generation at branchpoints contribute to invading microtubules (Ori-McKenney et al., 2012); additional sites within the arbor also contribute microtubules that polymerize along the main shaft and turn to invade nascent branches (Yalgin et al., 2015). In the mature stage, the branchpoint-associated sites continue to generate microtubules and are important for maintaining the minus-ends-out organization of the dendrites (Nguyen et al., 2014; Weiner et al., 2020). While it remains possible that there are changes in branchpoint site operation from the period of late-stage branching through into the mature neuron state, present data does not indicate that they are different.

Dendrites contain fragments of Golgi stacks named Golgi outposts, as show in rat hippocampal neurons and Drosophila neurons (Horton and Ehlers, 2003; Ori-McKenney et al., 2012). Initial studies in Drosophila da neuron dendrites colocalized MTOC sites with transgenic markers for Golgi (Ori-McKenney et al., 2012; Zhou et al., 2014; Yalgin et al., 2015). In several non-neuronal mammalian cell types Golgi stacks nucleate microtubules (Martin and Akhmanova, 2018; Akhmanova and Steinmetz, 2019; Valenzuela et al., 2020). For example, in human pigment epithelial cells, the Golgin GM130 recruits CG-NAP to the Golgi surface, which in turn brings in CDK5RAP2 and MYOMEGALIN to tether and activate γ-TuRC (Rivero et al., 2009; Wu et al., 2016). Golgi outposts also organize microtubules in the branches of rodent oligodendrocytes. Although in this case the microtubule generation is not γ-Tub dependent; instead, it is through a specialist tubulin polymerization promoting protein (TPPP)-mediated mechanism (Fu et al., 2019). Unidirectional microtubule generation was shown to be promoted from outposts in Drosophila sensory da neurons by Plp, Cnn, and GM130 (Ori-McKenney et al., 2012; Zhou et al., 2014; Yalgin et al., 2015; Figure 3B). Overall, these studies led to a model in which an outpost MTOC generates a unipolar train of microtubules which controls the local balance of anterograde and retrograde microtubules, and this activity alters the probability that a local nascent branch invaded and stabilized into a bona fide branch (Delandre et al., 2016). However, this model is not supported by all findings. In mature Drosophila da neurons, only a limited number of Golgi outposts in neurons were shown to associate with γ-Tub (Nguyen et al., 2014; Mukherjee et al., 2020; Weiner et al., 2020; Yang and Wildonger, 2020). In mature Drosophila da neurons, the main site of Golgi-mediated microtubule generation was shown to be from stacks in the soma, which generate a population of microtubules that exclusively invade the axon (Mukherjee et al., 2020; Figure 3B).

Therefore, there must be additional platforms for high order branch-related MTOC assembly. In both Drosophila da neurons and C. elegans PVD neurons, endosomes provide an alternative platform for γ-TuRC localization (Liang et al., 2020; Weiner et al., 2020). Recent studies in Drosophila da neurons examine this MTOC function in the mature neurons. Two intersecting sets of components are required for localization of γ-Tub at Rab5-positive endosomes at a branchpoint: the γ-TuRC-TPs Cnn and Plp, and members of the Wnt signaling pathway (Nye et al., 2020; Weiner et al., 2020). Disrupting the activity of several Wnt signaling proteins alters the overall balance of microtubule polarity in the dendrites (Weiner et al., 2020; Figure 3B). In dividing mammalian cells, such as HeLa cells, Wnt signaling pathway components Dishevelled segment polarity protein (Dvl) and Axin are localized to the centrosome, where Axin binds and recruits γ-Tub (Fumoto et al., 2009; Kikuchi et al., 2010; Ruan et al., 2012; Cervenka et al., 2016). In Drosophila da neuron dendrites, Dvl and Axin localize at branchpoint endosomes. Overall, Axin is the central scaffolding factor; it recruits both γ-Tub and Cnn to establish this site as an MTOC (Weiner et al., 2020).



NEURON DIVERSIFICATION INVOLVES DIFFERENTIAL REGULATION OF MTOC MECHANISMS

Neurons develop specific architectures to support their functional requirements; one way in which this manifests is in the organization of their microtubule cytoskeleton. For example, MTOC organization is notably different in early DRG compared with hippocampal neuron cultures (Mori et al., 2009; Stiess et al., 2010; Figure 1), and studies in Drosophila and C. elegans have shown how microtubule density and the localization of γ-Tub and microtubule minus-end foci differ between dendrite arbors of different neuron types (Yalgin et al., 2015; Delandre et al., 2016; Harterink et al., 2018; Mukherjee et al., 2020).

The stereotyped patterns of dendrite and axon arbors are genetically encoded by transcription factors (Jinushi-Nakao et al., 2007; Dong et al., 2015; Enriquez et al., 2015). One way by which these transcription factors regulate arbor patterning is through controlling the expression of cytoskeleton regulators including factors that control MTOC activity. This has been shown in Drosophila da neurons, which are excellent models in which to address how differentiation processes are modified to create neurons with distinct morphologies. They exist in four principal types named c1da–c4da in order of increasing complexity in their characteristic dendrite arbor shapes, and these characteristic shapes are defined through da neuron type-specific transcription factor codes (Dong et al., 2015). The c1da neuron-specific BTB-ZF (broad complex, tramtrack and bric à brac-zinc finger) family transcription factor Abrupt controls Cnn levels, then Cnn positions and orients microtubule generation events in the differentiating arbor at sites that include Golgi outposts. An interaction between this Cnn activity and Augmin activity sets the frequency at which polymerizing microtubules invade nascent branches (Yalgin et al., 2015). Because neuron morphogenesis is a compound process (Hassan and Hiesinger, 2015; Yoong et al., 2019), relatively small changes to a neuron morphogenetic program can translate into larger changes in final wiring pattern (Yalgin et al., 2015). In Drosophila da neurons, changing the frequency at which polymerizing microtubules invade nascent branches correlates with branch outgrowth, and ultimately with arbor final branch number (Ori-McKenney et al., 2012; Stewart et al., 2012; Yalgin et al., 2015).

Another example of transcription factor mediated regulation occurs at the dendrite tip MTOC in Drosophila da neurons. At this MTOC, the c4da neuron-specific EBF (Early B-cell factor) family transcription factor Knot regulates the position of microtubule generation events. In knot mutants the tip MTOC becomes disorganized; more microtubules are generated in the periphery of the dendritic growth cone and they polymerize in a retrograde direction rather than an anterograde direction. Knot-mediated regulation of the tip MTOC activity occurs in part through upregulating the expression of Myosin6. Ultimately, changing Knot and Myosin6 activity correlates with altered major branch frequency in the arbor (Yoong et al., 2020).

To fully understand the fundamental mechanisms that create form and function in nervous systems requires that investigators not only identify the components of the neuron differentiation process, but also understand the operational control mechanisms that direct and shape their usage. Understanding how diversity in MTOC organization arises between neuron types can be a powerful way to reveal operational controls over the neuron differentiation process at the systems level.



ALTERNATIVE MACHINERIES FOR GENERATING NEURONAL MICROTUBULES

Additional γ-TuRC-independent mechanisms generate microtubules and position their minus-ends to shape dendrite and axon outgrowth, branching, and polarity organization. In Drosophila da neurons, Patronin binds to the minus-ends and promotes their polymerization. This allows the minus-ends to grow in an anterograde direction into dendrite branches to boost the minus-ends-out population in this compartment (Feng et al., 2019). Microtubule severing proteins such as Katanin and Spastin fragment pre-existing microtubules. This creates new local seeds and catalyzes microtubule formation (Vemu et al., 2018). In rodent hippocampal neurons and Drosophila da and motoneurons, the activity of these microtubule severing proteins shapes outgrowth and branching in both axon and dendrite compartments (Jinushi-Nakao et al., 2007; Yu et al., 2008; Qiang et al., 2010; Stewart et al., 2012; Mao et al., 2014).

While centrosomal and acentrosomal MTOC factors have been systematically examined in postmitotic neurons, it is likely that important non-canonical microtubule generation processes remain to be discovered. This is emphasized by the recent discovery of the microtubule generation activities of Sjögren’s syndrome nuclear autoantigen 1 (SSNA1). SSNA1 localizes at axon branchpoints in cultured rodent hippocampal neurons. In vitro it drives the forking of pre-existing microtubules to induce branch formation. These in vitro studies show that SSNA1 fibrils lie along the side of a microtubule, where they guide a subset of parental microtubule protofilaments to splay out. The splayed protofilaments seed a microtubule branch (Basnet et al., 2018).

A further potential new mechanism is based on how centrosomes increase in microtubule generation capacity at the onset of mitosis. Homotypic protein-protein interactions between scaffolding proteins (Drosophila Cnn or C. elegans SPD-5) cause these factors to concentrate from the cytoplasm into a non-membrane-bound compartment. This compartment captures and concentrates Tubulin from the surrounding environment to stimulate local microtubule production (Feng et al., 2017; Woodruff et al., 2017). Mammalian Tau is a neuronal candidate for this model of nucleation activity. In in vitro studies, Tau can transition into a similar compartment that captures Tubulin to stimulate local microtubule nucleation independently of γ-Tub. Moreover, it organizes the resultant microtubules to resemble their bundled organization in axons (Hernandez-Vega et al., 2017). Whether this process functions in in vivo remains to be determined.



FUTURE CHALLENGES

The studies described here show how several distinct mechanisms for microtubule generation occur in the neurons. Nevertheless, as emphasized by the recent findings of TPPP (in oligodendrocytes) and SSNA1 (in neurons); (Basnet et al., 2018; Fu et al., 2019), it is likely that specialized and non-canonical microtubule generation processes remain to be discovered.

What structures enable γ-TuRC-TPs localization to create neuronal MTOCs? Recent studies in invertebrates have found endosomes are one platform upon which a dendrite MTOC can be established (Liang et al., 2020; Weiner et al., 2020). There is conflicting evidence whether Golgi outposts are another (Ori-McKenney et al., 2012; Nguyen et al., 2014; Zhou et al., 2014; Yalgin et al., 2015; Mukherjee et al., 2020; Weiner et al., 2020; Yang and Wildonger, 2020). Nevertheless, γ-Tub is found at many sites throughout the dendrite arbor in invertebrate and rodent neurons; do other γ-TuRC-TPs localization platforms exist?

Ultimately, mechanisms of γ-TuRC-TPs usage and positioning will be shaped by neuron type and differentiation stage. Just as neuron polarization mechanisms differ between neuron types due to intrinsic programming and interplay with the local environment (Yogev and Shen, 2017), the same is likely for neuron microtubule generation mechanisms—with an added critical dimension that the sites and mechanisms of microtubule generation shift as the neuron proceeds along its differentiation trajectory. Importantly, control mechanisms that regulate these critical transitions in MTOC mechanism are presently unknown; this key question is now opening for analysis. A further challenge is to consider how distinct neuronal MTOC mechanisms operate and interact at the systems level. The field will benefit from new generations of cell biologically informed computational models of differentiation to aid this (Goodhill, 2018). Crucially, understanding how individual microtubule generation mechanisms combine to delineate mature neuron function requires detailed long-term imaging of the cell biological events underlying arbor differentiation, with quantitative analyses of these events.

Neurons respond to injury with upregulation of microtubule generation in the axons and dendrites, as shown in Drosophila da neurons, C. elegans PLM neurons, and rodent intercostal nerves (Stone et al., 2010; Chen et al., 2012; Ghosh-Roy et al., 2012; Song et al., 2012; Kleele et al., 2014). One role of this is as a signal that upregulates neuroprotective programs, as demonstrated in Drosophila da neurons (Chen et al., 2012). In addition, damaged axon stumps form into a disorganized retraction bulb, which must then be converted into a functional growth cone to regrow. In rodent axon regeneration after spinal cord injury, mild pharmacological stabilization of axon tip microtubules helps to enhance this conversion (Hellal et al., 2011). A nuanced balance between dynamic and stable microtubules is required to stimulate axon regrowth (Blanquie and Bradke, 2018) and studies in Drosophila and C. elegans neurons suggest that injury-induced upregulation of microtubule dynamics helps prepare the local axon microtubule environment for this regrowth (Ghosh-Roy et al., 2012; Song et al., 2012). Beyond understanding differentiation, the discovery and elucidation of new neuronal microtubule nucleation pathways also provides potential targets for drug development to promote nervous system repair (Blanquie and Bradke, 2018).

In summary, an unfolding series of cell biological morphogenetic processes create final neuronal pattern (Hassan and Hiesinger, 2015; Yoong et al., 2019). In this review we have highlighted how molecularly distinct MTOC mechanisms create microtubules during these different stages of differentiation, and we have shown how temporal and spatial organization of these mechanisms are used to pattern and diversify dendrite and axon arbor wiring.
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Neurons typically remodel axons/dendrites for functional refinement of neural circuits in the developing brain. Mitral cells in the mammalian olfactory system remodel their dendritic arbors in the perinatal development, but the underlying molecular and cellular mechanisms remain elusive in part due to a lack of convenient methods to label mitral cells with single-cell resolution. Here we report a novel method for single-cell labeling of mouse mitral cells using adeno-associated virus (AAV)-mediated gene delivery. We first demonstrated that AAV injection into the olfactory ventricle of embryonic day 14.5 (E14.5) mice preferentially labels mitral cells in the olfactory bulb (OB). Birthdate labeling indicated that AAV can transduce mitral cells independently of their birthdates. Furthermore, in combination with the Cre-mediated gene expression system, AAV injection allows visualization of mitral cells at single-cell resolution. Using this AAV-mediated single-cell labeling method, we investigated dendrite development of mitral cells and found that ~50% of mitral cells exhibited mature apical dendrites with a single thick and tufted branch before birth, suggesting that a certain population of mitral cells completes dendrite remodeling during embryonic stages. We also found an atypical subtype of mitral cells that have multiple dendritic shafts innervating the same glomeruli. Our data thus demonstrate that the AAV-mediated labeling method that we reported here provides an efficient way to visualize mitral cells with single-cell resolution and could be utilized to study dynamic aspects as well as functions of mitral cells in the olfactory circuits.

Keywords: olfactory sensory system, mitral cells, neuronal remodeling, adeno-associated virus, dendrite, pruning


INTRODUCTION

Mammalian olfactory sensory neurons relay odor information to the olfactory bulb (OB), where olfactory sensory axons form synapses with dendrites of mitral cells and tufted cells, the second-order projection neurons in the OB (Malun and Brunjes, 1996; Blanchart et al., 2006). In turn, mitral cells and tufted cells receive and convey the odor information to higher cortical regions. In the adult OB, mitral cells extend radially a single apical dendrite that arborizes a tuft within one glomerulus (Mori and Sakano, 2011; Murthy, 2011; Sakano, 2020). Also, mitral cells extend lateral dendrites that are widely distributed within a horizontal plane in the external plexiform layer and make reciprocal dendrodendritic synapses with granule cells. During perinatal development, however, mitral cell dendrites undergo extensive remodeling: mitral cells initially extend multiple dendritic branches to multiple glomeruli and subsequently lose all but one dendritic branch to maintain contact with a single glomerulus as they mature (Lin et al., 2000; Inoue et al., 2018). This dendrite remodeling is thought to require neural activity (Wong and Ghosh, 2002) and Notch activity (Muroyama et al., 2016) in mitral cells, but mechanisms underlying the dendrite remodeling in mitral cells are still incompletely understood.

One reason for our limited knowledge is the lack of a convenient method to visualize and manipulate mitral cells in vivo. Conventional methods used to visualize mitral dendrite morphology of rodent mitral cells rely on stochastic labeling by retrograde labeling using lipophilic dyes via the lateral olfactory tract (LOT; Malun and Brunjes, 1996; Lin et al., 2000; López-Mascaraque et al., 2005; Blanchart et al., 2006). Also, in utero electroporation has been recently utilized to induce ectopic gene expression in developing mitral cells (Imamura and Greer, 2015; Muroyama et al., 2016). In utero electroporation typically introduces plasmids into mitotically active mitral/tufted cell precursors, which are surrounding the embryonic ventricle in the OB (Imamura and Greer, 2013). Therefore, in utero electroporation is often applied to label subpopulations generated in a homogeneous time window (Imamura and Greer, 2015). Also, a previous report showed that the distributions of the early-born and the late-born mitral cells are partially segregated within the OB, suggesting that the localization of mitral cells in the OB is also biased with the timing of neurogenesis (Imamura et al., 2011; Imamura and Greer, 2015). It is thus likely that in utero electroporation tends to label a limited population of mitral cells with homogenous birthdates and localization within the OB.

A convenient method for birthdate-independent labeling of mitral cells should be helpful for global analysis of the mitral population as well as for functional manipulation of mitral cells. One candidate approach to this labeling involves the adeno-associated virus (AAV), which provides an efficient approach to gene delivery in the nervous system (Haery et al., 2019). AAV is a naturally replication-defective, nonpathogenic, single-stranded DNA virus (Kaplitt et al., 1994). The single-stranded DNA of the AAV genome consists of two open reading frames, rep and cap, and the inverted terminal repeats (ITRs) at both ends of the DNA strand. The ITRs are cis-acting elements necessary for virus replication, packaging, and integration (Musatov et al., 2002). Recombinant AAV vectors can be generated by co-transfecting host cells with a plasmid containing a transgene expression cassette flanked by the cis-acting ITRs and a plasmid expressing the rep and cap genes in trans, in the presence of a helper virus gene (Samulski et al., 1989). Previous reports indicate that the recombinant AAV vectors permit nontoxic transduction and long-term gene expression in neurons (McCown et al., 1996; Murlidharan et al., 2014). Furthermore, an important feature of AAV-mediated gene transfer is that, unlike in utero electroporation, AAV vectors can efficiently transduce both post-mitotic neurons and mitotically active cells (Haery et al., 2019). Therefore, AAV vectors should be suitable for the transduction of mitral cells at any stage in the cell cycle, independently of birthdates. To date, however, AAV-mediated gene transfer methods have not yet been applied to mitral cell labeling in the developing mammalian OB.

In this study, we aimed to develop an AAV-mediated method of labeling mitral cells with single-cell resolution. We demonstrated that injecting AAV vectors into the olfactory ventricle of an embryonic day 14.5 (E14.5) mouse yields a preferential expression of the reporter EGFP in developing mitral cells. Further analyses indicated that AAV injection at E14.5 can label mitral cells generated in E9–13 stages, suggesting that the AAV-mediated gene transfer transduces mitral cells independently of their birthdates. Using this AAV-mediated labeling method, we found that ~50% of mitral cells complete dendrite remodeling before birth. Also, we found an atypical subtype of mitral cells that have multiple dendritic shafts innervating the same glomeruli. Thus, the AAV-mediated labeling method that we reported here provides an efficient way to visualize mitral cells in a single cell resolution and could be utilized to study dynamic aspects as well as functions of mitral cells in the olfactory circuits.



MATERIALS AND METHODS


Animals

All animal experiments were carried out following the regulations and guidelines for the care and use of experimental animals at the University of Tokyo and were approved by the University of Tokyo Graduate School of Science. Pregnant ICR mice were purchased from Japan SLC Inc.



Cell Culture

AAV-293 cells (Agilent Technologies) were grown in Dulbecco’s modified Eagle’s medium (DMEM; Sigma–Aldrich, D5796) supplemented with 10% of fetal bovine serum (GE Healthcare/HyClone), 50 units/ml of penicillin, and 50 mg/ml of streptomycin (Thermo Fisher Scientific), and 2 mM GlutaMax I (Thermo Fisher Scientific) at 37°C in a 5% CO2 humidified incubator according to the manufacturer’s instructions.



Plasmid Construction

Plasmids to produce AAV were as follows: the AAV Helper-Free system (included pHelper and pAAV-RC) was purchased from Agilent Technologies; pAAV-DJ was from Cell Biolabs. The following plasmids were obtained from Addgene: pAAV-CAG-GFP was a gift from Edward Boyden (Addgene # 378251; RRID:Addgene_37825) tTA IRES GFP was a gift from Scott Lowe (Addgene # 187832; RRID:Addgene_18783); paavCAG-iCre was a gift from Jinhyun Kim (Addgene plasmid # 519043; RRID:Addgene_51904; Druckmann et al., 2014); pscAAV-GFP was a gift from John T Gray (Addgene plasmid # 323964 RRID:Addgene_32396; Gray and Zolotukhin, 2011). pAAV-CAG-tTA was generated by amplifying the full-length coding region of tTA cDNA and inserting it into pAAV-CAG-GFP in place of EGFP. pscAAV-TRE-iCre-myc plasmid construction as follows: The CMV promoter region was replaced with the tetracycline response element (TRE) amplified from pTRE (Clontech) by PCR. Subsequently, the DNA fragment encoding GFP was replaced with Myc-tagged iCre amplified from paavCAG-iCre by PCR. Finally, the woodchuck hepatitis virus posttranscriptional regulatory element (WPRE) excised from pAAV-CAG-GFP was inserted between the full-length coding sequence of iCre-myc and SV40 polyA at NotI.



Transfection and AAV Preparation

Transfection was performed using a calcium phosphate co-precipitation method based on previous reports (Dudek et al., 1998; Okada, 2013) with slight modifications. In brief, 2 days before transfection, 3 × 106 each of AAV-293 cells was reseeded in four T-150 flasks and cultured to 60–70% confluency in 18 ml of culture medium. One to four hours before transfection, a half volume of the culture medium was replaced with a fresh growth medium. Subsequently, 60 μg each of the plasmid (expression vector, Rep/Cap vector, and pHelper) was mixed well with 6 ml of 0.3 M CaCl2 solution and then finally combined with an equal amount of 2 × HBS. Three ml each of the final solution was applied to each culture flask. Following a 4-h incubation in a 5% CO2 incubator, the supernatant was replaced with DMEM/F-12 Ham’s medium (Sigma–Aldrich) containing 2% FBS, 50 mg/ml of streptomycin, and 2mM GlutaMAX I (Thermo Fisher Scientific) and incubated at 37°C in a 10% CO2 humidified incubator. Cells and culture medium were harvested 2–3 days after transfection, and AAV was purified using the AAV Purification ViraKit (ViraPur LLC) following the manufacturer’s manual. The details of the AAV preparation protocol are available upon request. The virus concentration was quantified using AAVpro® Titration Kit (Takara Bio) and used at a concentration of ~1.5 × 1013 vg/ml.



AAV Injection

AAV injection was performed essentially as in utero electroporation described previously (Koizumi et al., 2017). In brief, AAVs were injected into the embryonic olfactory ventricle at E14.5 because the mouse OB becomes visible from E14 when viewed from the parietal side. We performed the injection using a glass microcapillary with a tip diameter of 30 μm that was sharpened to 20 degrees with a micro grinder. Each capillary was inserted perpendicularly from the parietal region of the embryo to the center of the OB. The depth and injection volume were controlled empirically. The injection volume at once was determined empirically and estimated to be less than 0.1 μl by measuring the residual virus solution after injection. Fibroblast-like cells and endothelial cells outside the brain were occasionally labeled presumably due to leakage of the AAV solution from the ventricle. These non-neuronal cells were easily distinguished from neurons by the morphology and the location of cells. We performed the AAV-mediated mitral cell labeling using AAV-DJ serotype, except for Figure 2 in which we examined multiple serotypes of AAVs including AAV2, AAV-DJ, AAV-DJ/8, and AAV-rh10 (kindly provided by Drs. Kuroda and Kaibuchi at Nagoya University).
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FIGURE 1. Adeno-associated virus (AAV) injection into the olfactory ventricle preferentially labels mitral cells in the mouse olfactory bulb (OB). (A) A schematic view illustrating the way for AAV injection into the mouse embryonic olfactory ventricle using a glass microcapillary. (B,C) Photomicrographs show top (B) and bottom (C) views of an AAV-injected brain from a mouse at P14. The corresponding fluorescent images are shown in (B′) and (C′). Scale bar, 2 mm. EGFP signal is observed not only in the right OB (arrowhead) but also in the axon bundle called the lateral olfactory tract (LOT; arrows). (D–F) A representative image of a coronal OB section from an AAV-injected mouse at 3 weeks of age. Scale bar, 500 μm. The magnified image of the boxed area is shown in (E) and (F). Scale bar, 100 μm. The typical layer structure was visualized by nuclear staining shown in blue. ONL, olfactory nerve layer; GL, glomerular layer; EPL, external plexiform layer; MCL, mitral cell layer and GCL, granule cell layer. (G–I) The coronal section was immunostained with anti-GFP (green) and anti-Tbx21 (magenta), a marker for mitral cells in the OB, respectively. Scale bar, 50 μm. EGFP-positive but Tbr21-negative cells are indicated by arrowheads. Based on nuclei and Tbx21 staining (G–I), layers in the OB were divided into three parts; GL + EPL, MCL, and GCL. (J) Distribution of EGFP-positive cells in the OB. The numbers of EGFP-positive cells and EGFP-positive cells expressing Tbx21 were counted, and percentages of Tbx21-positive and Tbx21-negative/EGFP-positive cells among total EGFP-positive cells were calculated in each part. We counted 301 EGFP-positive cells from five mice (three males and two females).
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FIGURE 2. Expression of different AAV serotypes in mouse mitral cells. (A–D) Gene transduction to mitral cells by AAV2, AAV-DJ, AAV-DJ/8, and AAV-rh10. The coronal sections of the OB from P1 pups transduced by each AAV serotype showed no obvious difference for the neuronal tropism. The dorsal-ventral axis and the medial-lateral axis are indicated. Panels (A′–D′) are magnified images of the corresponding boxed area in the left panels (A–D). Scale bar, 100 μm.





Antibodies and Fluorescent Dyes

Antibodies used in this study are as follows: Goat anti-GFP antibody (Genetex, GTX26673, 1:1,000 or Abcam, ab5450, 1:1,000); rabbit anti-Tbx21 antibody [a gift from Dr. Yoshihara (Mizuguchi et al., 2012), 1:10,000]; Alexa488-conjugated donkey anti-goat IgG (Thermo Fisher Scientific, A-11055, 1:1,000) and Alexa 555-conjugated donkey anti-rabbit IgG (Thermo Fisher Scientific, A-31572, 1:1,000) or Alexa 647-conjugated donkey anti-rabbit IgG (Thermo Fisher Scientific, A-31573, 1:1,000) were used as secondary antibodies for detection of immunofluorescence. Nuclei were counterstained by DAPI (Roche, Figures 1D,F) or DRAQ5 (BioStatus, Figures 1I,2) following the manufacturer’s instructions.



Birthdate Determination by EdU

Each pregnant dam with E9 to E13 fetuses was intraperitoneally injected with EdU dissolved in PBS at a concentration of 25 mg/kg each. The P0 newborn mice were perfused transcardially with PBS containing 4% paraformaldehyde, and small cranial incisions were made to expose the brains to the fixative. Mice were subsequently submerged in fixative overnight at 4°C. Then, brains were removed and frozen, and the frozen tissue was cut into 100 μm thick sections using a cryostat. Finally, EdU signals were developed by Click-iT Plus EdU Alexa Fluor 555 Imaging Kit (ThermoFisher Scientific) according to the manual.



Brain Slice Preparation

All the mice used in the histological studies were perfused transcardially with 4% paraformaldehyde in PBS. The brains were removed and post-fixed overnight in the fixative at 4°C. Then, the solution was replaced with PBS containing 20% sucrose and incubated for 12 h at 4°C. Next, brains were further incubated in PBS containing 30% sucrose for 12 h at 4°C, and subsequently embedded in OCT compound in cryomolds and stored at −80°C until needed. Unless otherwise noted brains were sectioned at a thickness of 100 μm on a cryostat.



Image Analysis

The microphotographs of brain slices were taken on a Leica TCS SP8 confocal microscope (Leica Microsystems). The images were obtained at 5.0 or 0.8 μm z-intervals using 10× [numerical aperture (NA) 0.4] or 40× [NA 1.3] objectives, respectively. The macroscopic brain images in Figures 1B,C were taken using a fluorescent dissecting microscope MZ10F equipped with a DFC7000T CCD camera (Leica Microsystems). The 3D images were analyzed using LAS X (Leica Microsystems) and Imaris (Bitplane).



Quantitative Analysis and Statistics

For Figure 5, EGFP-positive mitral cells were imaged by Leica TCS SP8 confocal microscope (Leica Microsystems), and the 3D image reconstruction was performed using LAS X (Leica Microsystems) and Imaris (Bitplane). Dendrite morphology was analyzed focusing on the EGFP-positive mitral cells whose soma and the apical dendrites were both fully visible within a given 100 μm slice. We classified the “mature type”, “separated type”, and the “converged type” mitral cells based on the apical dendrite morphology as following: the “mature type” cells have a single tufted apical dendrite that innervates the glomerulus layer; the “separated type” cells have multiple tufted apical dendrites that innervate multiple different places in the glomerulus layer, and the “converged type” cells have multiple tufted apical dendrites that innervate a single place in the glomerulus layer. The center of gravity of each slice from the coronal sections was determined and calculated the cellular location in each plane as the azimuth distribution using ImageJ software. For Figures 6E–I, we quantified the number of the neurites arising from the soma, including axons and dendrites, using the 3D reconstruction software LAS X (Leica Microsystems) and Imaris (Bitplane). We defined the neurite number of given neurons by checking the 3D images from at least three distinct angles (see Supplementary Figure 1). The statistical analysis was performed with the Kruskal–Wallis test followed by the Steel–Dwass post hoc test for multiple comparisons. All statistical analysis was performed using R software. Rao’s spacing test is a popular non-parametric statistic for testing the uniformity of circular data. The basic idea of this test is that if the underlying distribution is uniform, successive observations should be approximately evenly spaced. Large deviations from this distribution, resulting from unusually large or small spaces, are considered evidence for directionality. The test statistic U is essentially the sum of the deviations of the actual arc lengths from this expectation, which is defined as:
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where

λ = 360/N

T(i) = f(i + 1) − f(i) for 1 ≤ i ≤ (n − 1)

and

T(n) = (360 − f(n)) + f(i) for i = n

Thus, a sufficiently high test statistic suggests directionality.
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FIGURE 3. AAV transduces mitral cells independently of birthdates. (A) The diagram shows the time course of EdU and AAV injection, and preparation. (B–U) Each column corresponds to the timing of EdU injection (E9.5, E10.5, E11.5, E12.5, and E13.5, respectively). Immunohistochemistry against EGFP (B,F,J,N, and R, green) and EdU (C,G,K,O, and S, magenta) were examined with Tbx21 (D,H,L,P, and T, blue) detection at P0. EdU+ cells of EGFP+/Tbx21+ cells are indicated by arrowheads. Merged images (EGFP and EdU) are shown at the bottom (E,I,M,Q, and U). (V,W) The timing of administration of EdU and the ratio of EdU-labeled cells in EGFP-positive and Tbx 21 positive cells (V). The numbers of mice analyzed are 1, 1, 3, 1, and 3 for E9.5, E10.5, E11.5, E12.5, and E13.5, respectively. The timing of administration of EdU and the ratio of EdU-labeled cells in Tbx21-positive cells (W). The numbers of mice analyzed are 1, 2, 2, 2, and 2 for E9.5, E10.5, E11.5, E12.5, and E13.5, respectively. All pups examined in these studies were selected based on GFP labeling under fluorescence dissection microscopy when we fixed and extracted the brain, and thus sex was not determined. Scale bar, 100 μm.




[image: image]

FIGURE 4. AAV-mediated single-cell labeling of mitral cells. (A) A schema illustrates the viral contracts used in this study. (B) A representative image of a coronal OB section from an AAV-injected mouse at P3. Scale bar, 200 μm. The magnified image of the boxed area is shown in (C). Scale bar, 50 μm.
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FIGURE 5. Single-cell analysis of dendrite development in mitral cells. (A,B) Representative images of “immature type” (A) and “mature type” (B) mitral cells, respectively. (C) The perinatal changes in the proportions of “immature type” and “mature type” mitral cells. (D,E) Representative images of “separated type” (D) and “converged type” (E) mitral cells, respectively. (F) The perinatal changes in the proportions of “separated type” and “converged type” mitral cells. (G–J) Azimuth distribution of AAV-labeled mitral cells with immature (G), mature (H), converged (I), and separated (J) dendrites. Rao’s spacing test of uniformity showed no significant deflection in the coronal sections. DM, dorsomedial; DL, dorsolateral; VM, ventromedial; VL, ventrolateral. The numbers of mice counted are 10, 6, 13 (five males and eight females), 14 (seven males and seven females), 10 (four males and six females), 7 (three males and four females), 7 (four males and three females), and 5 (two males and three females) for E17. 5, E18.5, P0, P1, P3, P5, P7 and P14, respectively. The sex of pups analyzed at E17.5 and E18.5 was not determined. Scale bars, 50 μm.
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FIGURE 6. Quantitative analysis of neurite dynamics in developing mitral cells. (A–D) Representative snapshots of three-dimensional reconstructed confocal images of mitral cells and the corresponding traces (A′–D′) from each age are shown. Scale bars, 50 μm. (E) The age-dependent transition of neurite numbers in single mitral cells. The number represents the number of neurites arising from the soma, including both dendrites and axons, of single mitral cells. Statistical analysis was performed with the Kruskal–Wallis test followed by the Steel-Dwass post hoc test for multiple comparisons. Asterisks indicate significant differences (*P < 0.001). (F–H) The age-dependent transition of neurite numbers immature type (F), mature type (G), and converged type (H) mitral cells, respectively. Statistical analysis was performed with ANOVA + pair-wise Student’s t-test followed by FDR correction. The significance was accessed between adjacent ages. (I) Changes in age-dependent lateral dendrite numbers. Statistical analysis was performed with the Student’s t-test followed by Benjamini-Hochberg correction. Asterisks indicate significant differences (*P < 0.01, **P < 0.05). The white dots represent the entire data points, while the black dots represent outliers (outside the range of boxplot whiskers) that automatically come with the boxplots. The numbers of mice analyzed are 10, 4, 12 (five males and seven females), 14 (seven males and seven females), 10 (four males and six females), 7 (three males and four females), 7 (four males and three females), and 5 (two males and three females) for E17. 5, E18.5, P0, P1, P3, P5, P7, and P14, respectively. The sex of pups analyzed at E17.5 and E18.5 was not determined.






RESULTS


Efficient AAV Transduction to Mitral Cells in Developing Mouse OB

To establish a novel method to visualize mitral cells in the mammalian olfactory system, we first examined whether the recombinant AAV could efficiently introduce the gene encoding EGFP into mitral cells in the mouse OB. The structure of the OB becomes apparent at ~ embryonic day 14.5 (E14.5) in the mouse developing the olfactory system, and we, therefore, reasoned that a single AAV injection directly into the olfactory ventricle near the OB at E14.5 could effectively target mitral cells. Indeed, when we injected AAV carrying EGFP into the olfactory ventricle at E14.5, we observed efficient and preferential labeling of mitral cells (Figure 1A). At postnatal day 14 (P14), we macroscopically checked the expression of EGFP over the whole brain and found that the fluorescence was predominantly observed within the OB (Figure 1B) and along with the LOT, which is formed by the axons of mitral cells (Figure 1C), suggesting that AAV preferentially transduces mitral cells. We next made coronal sections of the OB and observed them with a confocal microscope to assess the cell type specificity of AAV transduction. We found that most EGFP+ cells localized their somas within the mitral cell layer (MCL) and extended a single tufted neurite into the glomerulus layer (GL), which are all characteristics of mitral cells (Figures 1D–F). These observations suggest that, as expected from the macroscopic observation, AAV injection into the embryonic ventricle of the E14.5 mouse leads to predominant expression of EGFP in mitral cells (Figures 1D–F).

To further confirm the cell tropism of AAV, we performed immunohistochemistry using the antibody against Tbx21, a transcription factor that is exclusively expressed in the mitral/tufted cells in the mouse OB (Mizuguchi et al., 2012). In the OB at 3 weeks after birth, most EGFP+ cells (72.8%, n = 301) were localized in MCL, and 80.4% of them were Tbx21+ (Figures 1G–J), suggesting that the majority of EGFP+ cells are mitral cells. We also found EGFP+ and Tbx21+ cells in the external plexiform layer (21.3%, n = 301), which are probably tufted cells generated shortly after mitral cells with some temporal overlap (Batista-Brito et al., 2008). Also, 6.0% of EGFP+ and Tbx21− cells were located in the inner layer, corresponding to granule cells. These data indicate that the majority of EGFP+ cells are mitral/tufted cells, and we thus conclude that AAV preferentially transduces mitral/tufted cells in the developing mouse OB.

We next tested multiple AAV serotypes including AAV-DJ, AAV2, AAV-DJ/8, and AAV-rh10, and found that all AAV serotypes we tested could efficiently transduce mitral cells (Figure 2). We utilized AAV-DJ for the later studies as we were able to prepare AAV-DJ particles with the highest yield.



AAV Transduces Mitral Cells Independently of Birthdates

In the mouse OB, mitral cells develop through multiple rounds of cell division in an asynchronous fashion (Imamura and Greer, 2013). Therefore, labeling methods that can be applied to only a narrow window of cell division results in the visualizing of only a subset of mitral cells (Imamura and Greer, 2015). By contrast, given that AAV can transduce post-mitotic neurons (Haery et al., 2019), AAV-mediated gene transfer might label mitral cells in a birthdate-independent manner. To test this possibility, we injected 5-ethynyl-2′-deoxyuridine (EdU) intraperitoneally into pregnant mice carrying embryos at E9.5, E10.5, E11.5, E12.5, or E13.5 to analyze the relationship between EGFP-expressing mitral cells and their birthdates (Figure 3A). We then performed immunohistochemistry against the coronal sections of the P0 OB from each pup with antibodies against EGFP and Tbx21, followed by EdU detection. Consistent with previous reports, we found EdU signals in Tbx21+ cells in all sections that we observed regardless of the timing of EdU injection (Figures 3B–U). To further analyze the relationship between EGFP+ mitral cells (EGFP+/Tbx21+) and EdU signals, we calculated the percentage of EdU+ cells among EGFP+/Tbx21+ cells and found that the percentages were 11.7% (n = 145), 18.5% (n = 119), 33.6% (n = 113), 11.8% (n = 127), and 1.3% (n = 320) in mice in which EdU was applied at E9.5, E10.5, E11.5, E12.5, and E13.5, respectively (Figure 3V, Supplementary Figure 1). These data indicate that a single AAV injection at E14.5 can transduce mitral cells generated during E9.5–E13.5. Furthermore, the histogram pattern with a peak at E11.5 was proportional to that of the mitral cell genesis (Figure 3W). These findings demonstrate that, unlike in utero electroporation (Imamura and Greer, 2015; Muroyama et al., 2016), the AAV-mediated gene transfer method labels mitral cells independently of birthdates.



Single-Cell Visualization of Mitral Cells

The specificity and birthdate-independence of the AAV-mediated gene transfer method further motivated us to attempt to visualize mitral cells in a single cell resolution. To this end, we applied the supernova system (Mizuno et al., 2014) to the AAV-mediated gene transfer method with several modifications (Figure 4A). In the original report, the supernova system was introduced by in utero electroporation of two plasmid vectors: one containing cDNA of the Cre recombinase under the tetracycline response element (TRE) and another containing a loxP-stop-loxP sequence with a bicistronic expression cassette of cDNAs for a fluorescent protein and tetracycline transactivator (tTA) combined with an IRES sequence under the CAG promoter (Mizuno et al., 2014). Because AAV has a limitation in the packaging size, we divided the bicistronic plasmid into two plasmids and used a double inverted open reading frame (DIO) cassette instead of the loxP-stop-loxP sequence for Cre dependent expression (Figure 4A). Also, we used the self-complementary AAV (scAAV) for the expression of Cre recombinase to accelerate the transduction speed (McCarty et al., 2001). Using this modified system, we successfully labeled a small number of mitral cells with EGFP in a single plane (Figure 4B). The high magnification image showed that EGFP fluorescence was bright enough to visualize not only the soma but also dendrites and axons (Figure 4C). These data indicate that AAV-mediated single-cell labeling provides a convenient system for visualizing the morphological details of individual mitral cells in the OB.



Dendrite Remodeling of Mitral Cells in the Perinatal Stage

Using the AAV-mediated single-cell labeling technique, we next investigated the dendritic morphology of mouse mitral cells at P0. Mitral cells are thought to initially extend multiple dendritic branches to the glomerular layer and then eliminate all but one branch that innervates a single glomerulus (Lin et al., 2000; Blanchart et al., 2006; Sakano, 2020). According to this model, developing mitral cells are typically categorized into three subtypes based upon their dendrite morphology. Consistent with this model, we found mitral cells with three different morphologies; cells with multiple dendritic branches extending to the glomerular layer (Figure 5A; hereafter designated as “immature type”), cells with two main dendrites that innervate different glomeruli (Figure 5D; hereafter designated as “separated type”), and cells possessing a single primary dendrite whose terminals ramified within a single glomerulus (Figure 5C; hereafter designated as “mature type”). However, in addition to these conventional subtypes, we found mitral cells that have multiple primary dendrites emanating from a single soma, which converged onto a single glomerulus (Figure 5E; hereafter designated as “converged type”). This novel subtype of mitral cells with atypical dendrite morphology composed ~20% of mitral cells in the P0 mice OB (18.3%, n = 93).

Next, to investigate the dynamics of the dendritic morphology of mitral cells along perinatal development, we obtained images from cryosections of the OB at E17.5 (n = 83), E18.5 (n = 61), P0 (n = 93), P1 (n = 82), P3 (n = 109), P5 (n = 96), P7 (n = 72), and P14 (n = 46), respectively. Consistent with a previous report (Imamura et al., 2011), 95.2% of mitral cells at E17.5 extended multiple dendrites radially, corresponding to the immature type described above (Figure 5A). At E18.5, however, the percentage of the immature type mitral cells decreased to 50.8%, and accordingly, the mature type with a thick and tufted single primary dendrite emerged as 36.1% of the total population (Figures 5B,C). Subsequently, the percentage of the mature type of mitral cells continually increased, reaching ~90% of the total population at P7, whereas the immature type population continually decreased and eventually disappeared by P5 (Figure 5C), consistent with the conventional model (Lin et al., 2000; Wong and Ghosh, 2002; Blanchart et al., 2006).

The percentage of the separated type emerged as 3.3% of the total mitral cells at E18.5, and the percentage was gradually increased to ~15% of the total mitral cells at P14 (Figure 5F). By contrast, the converged type emerged as 9.8% of the total mitral cells at E18.5 (Figure 5F) and transiently increased to ~20% at P0, and then gradually decreased to 2.2% by P14. The dynamic changes in the converged type population with a peak at P0 suggest that the converged type might represent an intermediate stage in the transition from the immature type to the mature type.

Finally, we investigated the spatial relationship of each subtype and the location in the OB. To this end, we calculated the azimuth distribution from the actual mitral cell location in each coronal section from E17.5 to P3 mice and made scatter plots against mitral cells with four different dendrite types (Figures 5G–J). We then performed the statistical assessment using the Rao’s spacing test of uniformity (Rao, 1972, 1976) and found no significant deflection in the distribution of each mitral cell subtype in the OB (n = 153, p = 142.9; n = 169, p = 154.6, n = 53, p = 108.1, and n = 13, p = 134.3 for the mature type, the immature type, the separated type, and the converged type, respectively). These data suggest that the four subtypes of mitral cells categorized with dendrite morphology are evenly distributed in the mouse OB.



Dynamic Changes of Neurite Numbers of Mitral Cells in the Perinatal Development

To further characterize the dendrite remodeling in mitral cells, we performed a quantitative analysis of developmental changes in the total number of neurites including axons and dendrites in single mitral cells. To this end, we quantified the numbers of neurites arising from the cell body in each 3D reconstructed image (Supplementary Figure 2). The representative 3D images and the corresponding traces in each developmental stage are shown in Figures 6A–D,A′–D′, respectively. Consistent with previous reports (Lin et al., 2000; Muroyama et al., 2016) and our population studies, most mitral cells established a thick and tufted single dendrite by P5 (Figure 5C). In the quantitative data of neurites, consistent with the data from the population changes of mitral cells (Figure 5), the average number of neurites from a mitral cell was gradually decreased from E17.5 to P14 and eventually reached ~3 (3.3 ± 0.5, n = 26) branches from a mitral cell (Figures 6E–I). These quantitative data further highlighted a reduction of the branch numbers in a mitral cell from E17.5 to E18.5, supporting the idea that the dendrite remodeling in mitral cells is triggered at least in part during the embryonic stage. Also, even after completion of the apical dendrite remodeling by P5, continuous reduction of the neurite number was observed until P14 (Figure 6E). Since a similar tendency was observed in the quantification of the lateral dendrites in the postnatal development (Figure 6I), likely, the reduction of the neurite numbers in the postnatal mitral cell development is at least in part due to the reduction of lateral dendrites. These observations suggest that dendrite remodeling in the lateral dendrites occurs with later developmental timing and/or takes longer time compared to apical dendrites.




DISCUSSION

In this study, we developed an AAV-mediated labeling system for mouse mitral cells in a single cell resolution. We first demonstrated that AAV injection into the olfactory ventricle at E14.5 leads to preferential gene transduction to mitral cells (Figure 1). This AAV-medicated cell labeling requires a relatively short period for gene expression as we found EGFP expression in mitral cells within 3 days by a single injection of AAV vector into the olfactory ventricle of E14.5 mouse. We examined multiple different AAV strains including AAV2, AAV-DJ, AAV-DJ/8, and AAV-rh10, and found no obvious difference in specificity as well as the efficiency of gene transduction to mitral cells (Figure 2). Because we used the ubiquitous CAG promoter that is strongly active in a wide range of cell types, the preferential transduction might be due to the tropism of the AAV vectors as AAV vectors show subtype-specific tropism even in a small brain region (Nathanson et al., 2009). It remains to be elucidated how AAV injection into the olfactory ventricle at E14.5 leads to preferential labeling of mitral cells. The early-born mitral cells are supposed to settle in the presumptive mitral cell layer of the OB at E14.5 (Imamura and Greer, 2013, 2015), and thus the axons, basal dendrites, and somata of the early-born mitral cells are proximal to the ventricle at E14.5, which makes them amenable to AAVs. It is also possible that AAVs would transduce progenitor cells in the proliferative zone surrounding the ventricle, which could contribute to the EGFP-positive mitral cells born after E14.5 (Imamura and Greer, 2015; Muroyama et al., 2016).

In addition to the efficient and specific gene expression, an important feature of the AAV-mediated gene transfer is the cell cycle-independent gene transduction (Haery et al., 2019). Indeed, the birthdate labeling using EdU revealed that AAV injection at E14.5 can transduce all mitral cell populations including the cells generated earlier than AAV injection (E9–E13; Figures 3V,W). Consistently, the spatial analysis indicated that the AAV-medicated gene transduction is unrelated to the localization of mitral cells in the OB (Figures 5G–J). This is in contrast to in utero electroporation-mediated cell labeling as in utero electroporation labels mitral cells generated after the timing of the gene electroporation (Imamura and Greer, 2015). Finally, by taking advantage of the highly efficient and preferential gene transduction in mitral cells as well as the independence of birthdates and localizations of mitral cells in OB, we established a single mitral cell-labeling system by combining the AAV technology with the Cre-mediated gene expression system (Figure 4).

The AAV-mediated single-cell labeling allowed us to analyze the dynamic aspects of developing mitral cells quantitatively. As the first example, we applied this AAV technology to detailed studies of dendrite remodeling in mitral cells in the perinatal development. Using AAV technology, we found two novel points concerning the dynamics of dendrite remodeling. First, we found a novel subtype of mitral cells that extended multiple dendritic branches to the same glomerulus (Figure 5). This atypical population accounted for ~20% of mitral cells in the OB at P0 (Figure 5). To our knowledge, such a converged innervation of mitral cell dendrites in a single glomerulus has not been described in the previous reports. Indeed, the population of the converged type was gradually decreased and eventually disappeared by P14 at the time when dendrite remodeling is completed (Figure 5F). It is thus likely that the converged type might represent a transient form of dendrite remodeling from the immature type to the mature type (Figure 7). We could not rule out the possibility that tufted cells might contribute to the population changes of EGFP-labeled cells (Figures 5C,F), as AAV injection at E14.5 likely labels tufted cells as we as mitral cells (Figure 1). Also, our quantitative analysis revealed that over 10% of mitral cells have separated-type dendrites in P14 mice (Figure 5F). In the non-mammalian vertebrate OB such as amphibians and reptiles, mitral cells extend apical dendrites to multiple glomeruli (Imamura et al., 2020), but to our knowledge, no such multi-innervating mitral cells were described in the mature mammalian OB. The role of mitral cells with the separated-type dendrites in mature animals is currently unknown. Considering that the separated-type cells likely gain neural information from multiple glomeruli, they might contribute to odor information processing including information integration in the olfactory circuits. Future genetic and electrophysiological studies on the separated type mitral cells will help to understand their roles in the olfactory circuits.
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FIGURE 7. Schematic illustrations of mitral cell development. A conventional model (A) and a novel model based on our data (B) of dendrite remodeling in the developing mouse mitral cells.



The other novel finding is the developmental time frame of dendrite remodeling in mitral cells. We found that ~50% of mitral cells completed their dendrite remodeling in the late embryonic stages (E17.5–E18.5). Considering that the dendrite remodeling in the embryonic stage has not been reported in previous studies, the population might be hardly labeled by conventional methods such as in utero electroporation and the retrograde labeling by lipophilic dyes delivered via the LOT. The in utero electroporation for mitral cell labeling is typically performed at E10–12 (Imamura and Greer, 2015; Muroyama et al., 2016), which is thus unlikely to label mitral cells generated in E9–E10. By contrast, our quantitative data suggest that over 60% of the AAV-mediated EGFP positive mitral cells are born from E9 to E11 (Figures 3V,W). As for the retrograde labeling by lipophilic dyes delivered via LOT, a recent article showed that the axonal path of the early-born and the late-born mitral cells are segregated in a sublamina manner: axons of the early-born mitral cells are localized in the deep sublamina, whereas the axonal path of the late-born mitral cells is restricted in the most superficial sublamina of LOT (Imamura and Greer, 2015). Given that the superficial axonal layers are supposed to be closer to lipophilic dyes compared to the deeper axonal layers, the late-born mitral cells might be preferentially labeled by the retrograde labeling with lipophilic dyes delivered through LOT. It is thus possible that the mitral cell populations that obtain a matured dendritic branch before the birth account for the populations generated in the earlier embryonic stages. Consistent with this notion, in the birthdate labeling studies (Figure 3), 87.5% (14 of 16) of mitral cells with birthdate labeling at E9.5 had a mature apical dendrite at P0, whereas 58.3% (7 of 12) of mitral cells with birthdate labeling at E11.5 had a mature apical dendrite at P0.

Our findings also suggest that the dendrite remodeling in mitral cells is triggered by mechanisms independent of the odor-evoked activity in mitral cells because the odor-evoked activity is typically observed after birth in the mammalian sensory circuits (Brennan et al., 1990). This notion is consistent with the previous reports that dendrite remodeling in mitral cells was largely unaffected in mice lacking function of the olfactory cyclic nucleotide-gated (CNG) channels that are required to evoke odor-triggered signaling in mitral cells (Lin et al., 2000) although a small delay in the early postnatal stage (P4–P6) was observed. A similar dendrite remodeling delay was observed in mice lacking Sema7A and its potential receptor PlexinC1 (Inoue et al., 2018). Given that Sema7A is likely to be induced by the odor-evoked activity in olfactory sensory neurons and that Sema7A and PlexinC1 function in synapse formation (Inoue et al., 2018), odor-evoked activity in mitral cells might contribute to dendrite remodeling in part through synapse formation and/or stabilization between sensory neuron axons and mitral cells dendrites. Therefore, our data, together with the previous reports, support the idea that the odor-evoked activity in mitral cells is dispensable and rather play a permissive role in the dendrite remodeling.

What mechanisms could drive dendrite remodeling in mitral cells in the embryonic stages? Given that dendrite remodeling in the early-born mitral cells likely proceeds in the earlier timing compared to the late-born mitral cells (Figure 4C), the timing of dendrite remodeling might be triggered in part by a genetic program that mitral cells obtain when they are born. Indeed, in the Drosophila olfactory system, wiring between the olfactory sensory axons and dendrites of the second-order projection neurons is established mostly by genetic control through multiple transcriptional factors (Hong and Luo, 2014). Besides, dendrite remodeling in Drosophila sensory neurons during metamorphosis is also independent of neural activity. Instead, dendrite pruning is triggered by the steroid hormone Ecdysone and its cognate receptor, which in turn transcriptionally induces expression of multiple components required for dendrite pruning, such as ion channels, ubiquitin proteosome-related components, and cytoskeletal regulators (Kanamori et al., 2013; Yu and Schuldiner, 2014; Furusawa and Emoto, 2020). It is thus possible that the dendrite remodeling in mitral cells might share a part of the transcriptional program as well as the transcriptional targets with those in Drosophila sensory neurons.

An alternative scenario is that spontaneous activity in the olfactory sensory system might contribute to dendrite remodeling. In many sensory systems, a spontaneous activity often emerges before the timing when sensory-evoked activity is observed, and shape the wiring of emerging circuits (Blankenship and Feller, 2010; Kerschensteiner, 2014). For example, retinal waves in the mammalian visual cortex are required for functional refinement of visual circuits (Ackman et al., 2012). Similarly, in the mouse somatosensory system, patchwork-type spontaneous activity is observed in layer 4 neurons in the postnatal somatosensory cortex although its function is unknown (Mizuno et al., 2018). In the Drosophila olfactory system, spontaneous activity is likely required for proper sensory processing and behavior (Utashiro et al., 2018). A recent report suggests a potential role of spontaneous activity in dendrite remodeling in mitral cells (Fujimoto et al., 2019). Further studies will be required to examine the role of spontaneous activity in the development and function of the mammalian olfactory system. It might be worth noting that the compartmentalized calcium (Ca2+) transients in dendritic branches trigger dendrite pruning in Drosophila sensory neurons (Kanamori et al., 2013, 2015). It is thus of interest to monitor Ca2+ dynamics in dendritic branches in the developing mitral cells.

In summary, we have described a novel AAV-mediated labeling system for mitral cells in a single cell resolution. This AAV technology complements the current labeling techniques such as dye injections and in utero electroporation and contributes to a better understanding of functional organizations of the mouse olfactory circuits. Given the high efficiency and preference in gene transduction to mitral cells, in addition to overexpression or suppressing of a gene of interest in mitral cells, the AAV-mediated gene transduction can be applied to the manipulation of mitral cell activity in the functional olfactory circuits. This will provide an excellent platform to address dynamic aspects in developing mitral cells as well as functional aspects in matured mitral cells.
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SUPPLEMENTARY FIGURE 1 | The ratio of EdU-labeled cells in EGFP- and Tbx 21- positive cells. (A) The timing of administration of EdU and the ratio of EdU-labeled cells in EGFP-positive and Tbx 21 positive cells. The numbers of mice analyzed are 1, 1, 3, 1, and 3 for E9.5, E10.5, E11.5, E12.5, and E13.5, respectively. (B) The timing of administration of EdU and the ratio of EdU-labeled cells in Tbx21-positive cells. The numbers of mice analyzed are 1, 2, 2, 2, and 2 for E9.5, E10.5, E11.5, E12.5, and E13.5, respectively. The average percentage (blue bars) and the distribution of mice analyzed (circles) are shown.

SUPPLEMENTARY FIGURE 2 | Three-dimensional reconstructed confocal images of mitral cells. Images (A–D) corresponds to Figure 6 (A–D). Images (A,A′) and images (B,B′,B′′) are views from different angles of the same neurons. Blue and white arrowheads represent axons and lateral dendrites, respectively.
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Dendrites are cellular structures essential for the integration of neuronal information. These elegant but complex structures are highly patterned across the nervous system but vary tremendously in their size and fine architecture, each designed to best serve specific computations within their networks. Recent in vivo imaging studies reveal that the development of mature dendrite arbors in many cases involves extensive remodeling achieved through a precisely orchestrated interplay of growth, degeneration, and regeneration of dendritic branches. Both degeneration and regeneration of dendritic branches involve precise spatiotemporal regulation for the proper wiring of functional networks. In particular, dendrite degeneration must be targeted in a compartmentalized manner to avoid neuronal death. Dysregulation of these developmental processes, in particular dendrite degeneration, is associated with certain types of pathology, injury, and aging. In this article, we review recent progress in our understanding of dendrite degeneration and regeneration, focusing on molecular and cellular mechanisms underlying spatiotemporal control of dendrite remodeling in neural development. We further discuss how developmental dendrite degeneration and regeneration are molecularly and functionally related to dendrite remodeling in pathology, disease, and aging.

Keywords: dendrite, remodeling and dysfunction, morphogenesis, development, repair


INTRODUCTION

Dendrites are specialized structures designed to receive information from presynaptic neurons or sensory organs. During postnatal development of the mammalian brain, neurons exhibit extensive plasticity in which connectivity can be modified in response to neural inputs and/or hormonal regulation (Parrish et al., 2007a; Jan and Jan, 2010; Emoto, 2011; Batista and Hensch, 2019; Molnar et al., 2020). To achieve these changes in connectivity, neurons often remodel their dendrite shape through a combination of degeneration and regeneration of local dendritic branches (Kanamori et al., 2015b; Riccomagno and Kolodkin, 2015). Owing to technical advances in in vivo imaging, researchers are now able to fully trace branch dynamics of single neurons with high spatiotemporal resolution. These in vivo imaging studies have revealed that developing dendrites often undergo multiple rounds of regeneration and regeneration before the establishment of their final shape (Yasunaga et al., 2010; Kaneko et al., 2011; Takeo et al., 2015; Nakazawa et al., 2018).

In addition to developmental dendrite degeneration and regeneration, certain types of neurons remodel their dendritic arbors in response to injury on dendritic branches (Richardson and Shen, 2019; Liu and Jan, 2020). The progression of injury-induced dendrite degeneration and regeneration are morphologically similar to what was observed in developmental dendrite degeneration and regeneration, respectively, suggesting that the developmental and injury-induced remodeling involve a shared program. However, recent studies indicate that regulatory mechanisms of injury-induced dendrite degeneration and regeneration are distinct at least in part from mechanisms governing either developmental dendrite degeneration and regeneration or injury-induced axon degeneration and regeneration (Stone et al., 2014; Thompson-Peer et al., 2016; Hao et al., 2019; Zhu et al., 2019).

In this review article, we first describe an overview of diverse types of dendrite degeneration and regeneration in vertebrates and invertebrates. We then review what is currently known about the molecular and cellular mechanisms underlying dendrite remodeling, focusing on the temporal and spatial control of degeneration and regeneration. We also discuss how developmental dendrite degeneration and regeneration are molecularly and functionally related to dendrite remodeling in pathology, disease, and aging.



DEVELOPMENTAL DENDRITE REMODELING IN VERTEBRATE NEURONS

Developmental dendrite remodeling is typically achieved by degeneration and regeneration of local dendrite branches. One well-studied system is the dendrite remodeling of mitral cells, the second-order projection neurons in the mammalian olfactory system (Wong and Ghosh, 2002). In the adult olfactory bulb, mitral cells extend a single apical dendrite radially that arborizes a tuft within one glomerulus (Mori and Sakano, 2011; Sakano, 2020). Also, mitral cells extend lateral dendrites that are widely distributed within a horizontal plane in the external plexiform layer and make reciprocal dendrodendritic synapses with granule cells. This mature arborization pattern is the result of extensive refinement: during perinatal development, mitral cells extend dendritic branches to multiple glomeruli, and subsequently, they lose all but one dendritic branch, maintaining contacts with a single glomerulus as they mature (Figure 1A; Mori and Sakano, 2011; Murthy, 2011; Sakano, 2020). This selective dendrite degeneration in mitral cells is critical to fine-tuning olfactory circuits involved in odor processing (Inoue et al., 2018; Fujimoto et al., 2019).
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FIGURE 1. Developmental dendrite remodeling in a variety of neurons. Dendrite remodeling in mitral cells in the murine olfactory system (A), Purkinje cells in the murine cerebellum (B), layer IV pyramidal neurons in the murine somatosensory cortex (C), dorsal root ganglion (DRG) neuron innervating the murine skin (D), Drosophila class IV dendrite arborization (C4da) sensory neurons (E), and C. elegans IL2 sensory neurons (F). (A) Mitral cells initially innervate dendrites (blue) to multiple glomeruli (gray) and later eliminate all but one apical dendrite. (B) Layer IV pyramidal neurons (spiny stellate neurons) initially extend both apical (orange) and basal (blue) dendrites followed by retraction of the apical dendrites while further extending basal dendrites toward thalamocortical axons (magenta). (C) Purkinje cells develop multiple dendritic protrusions from the soma, followed by elimination of the whole branches in the first postnatal week. In the subsequent postnatal development, Purkinje cells elaborate multiplanar dendrites in a 3D space (P18: three colors represent different dendritic branches arising from the soma), then eventually confine the trees into a 2D space (blue) by trimming branches (P22: Branches with yellow and magenta colors have been eliminated during this period). Both sagittal and coronal views are shown for P18 and P22 images. (D) Mammalian skin is composed of multiple layers of epidermal cells. Epidermal cells are continuously generated from stem cells and move toward the upper layer of the skin (arrow). According to this epidermal cell turnover, the tight junctions (green dots) are also remodeled in the deep epidermal layer. DRG neurons typically maintain their sensory terminals (blue) underneath the tight junctions by extension, retraction, and pruning of the nerve ends. (E) Drosophila C4da neurons replace their larval dendrites with adult-specific arbors during metamorphosis. After establishing their dendritic fields in the pupal development, C4da neurons immediately reshape the dendritic arbors from the radial to the lattice-like structures in the first 1–2 adult days. APF; after pupal formation. (F) C. elegans IL2 sensory neurons typically elaborate simple unbranched dendrites in the normal condition. In response to adverse environmental conditions, however, IL2 neurons undergo dendrite remodeling, shifting from a bipolar to a multipolar state. This process is reversible: the arborized dendrites are pruned away after worms are returned to the normal (non-stressful) environment (bidirectional arrows). Anterior is shown at the top.



Purkinje cells in the cerebellum typically elaborate space-filling type dendrites in a single parasagittal plane (Figure 1B), but as in the case of mitral cells, the mature form of Purkinje cell dendrites involves developmentally programmed degeneration and regeneration. Recent in vivo imaging studies have revealed that Purkinje cells establish distinct features of their dendrite arbors including dendrite branch pattern and orientation over multiple cycles of dendrite degeneration and regeneration (Figure 1B). Purkinje cells initially develop multiple dendritic protrusions from the soma, designated as perisomatic dendrites, before birth (Sotelo and Dusart, 2009; Takeo et al., 2015). Next, over 2–3 days Purkinje cells eliminate all perisomatic dendrites. Finally, they regenerate single stem dendritic branches over several weeks. In the course of single stem dendrite development, Purkinje cells initially develop multiplanar dendrites that extend dendritic arbors into a 3D space (Kaneko et al., 2011). However, within the next several days, Purkinje dendritic branches become trimmed and are eventually confined into a single plane (Figure 1B).

During early postnatal development, certain types of pyramidal neurons in the mammalian cortex likewise exhibit highly dynamic rearrangement of dendritic arbors. For example, layer IV pyramidal neurons in the rodent barrel cortex can be divided into two distinct subtypes: the spiny stellate neurons and the star pyramidal neurons (Nakazawa et al., 2018). The spiny stellate neurons on the edge of the barrel predominantly form synaptic contacts with thalamocortical axons (Espinosa et al., 2009; Mizuno et al., 2014; Nakazawa et al., 2018). In vivo two-photon imaging indicates that this organization involves selective degeneration of a subset of nascent dendrites. Spiny stellate neurons typically extend both apical and basal dendrites by postnatal day 2–3 and then retract all of their apical dendrites over the next several days while basal dendrites continue to extend, eventually forming synaptic contacts with the thalamocortical axons (Nakazawa et al., 2018; Figure 1C). Interestingly, the extension of the basal dendrites is biased to the center direction of the barrel, presumably because the thalamocortical axons mainly innervate the central part of the barrel, which recruits the basal dendrites of the spiny stellate neurons (Figure 1C).

A novel type of nerve remodeling is recently reported in the dorsal root ganglion (DRG) neurons, the nociceptors that sense pain and itch (Takahashi et al., 2019). Nociceptors innervate sensory terminals into the epidermis layer and form free-ending connections with epidermal cells in the skin. Intravital imaging in the rodent skin reveals that the nerve ends of nociceptors are highly motile structures that are continuously remodeled by extension, retraction, and pruning (Takahashi et al., 2019; Figure 1D). The pruning of the nerve ends is likely to be vital for the formation and/or maintenance of the epidermis-nerve interaction because the nerve ends overshoot to the superficial epidermal layer in the mouse model of atopic dermatitis, which enhances pain sensation in nociceptors in the atopic dermatitis model mice (Takahashi et al., 2019).



DEVELOPMENTAL DENDRITE REMODELING IN INVERTEBRATE NEURONS

Drosophila dendrite arborization (da) sensory neurons provide an excellent model to study the molecular and cellular basis for dendrite remodeling as class IV da (C4da) neurons undergo extensive dendrite remodeling during metamorphosis using multiple distinct cellular strategies (Williams and Truman, 2005; Emoto, 2012; Yu and Schuldiner, 2014; Kanamori et al., 2015b). Similar to Purkinje cells in the mammalian cerebellum, C4da neurons establish space-filling type dendrites during the larval stage within a 2D space between the epidermis and the musculature (Figure 1E). During metamorphosis in which flies transit from their larval to adult form within 5 days, larval C4da dendrites are completely removed from the soma by ~24 h after pupal formation (Kuo et al., 2005; Williams and Truman, 2005). After completion of dendrite pruning, C4da neurons immediately initiate dendrite regeneration and re-establish adult-specific dendritic arbors on the epidermis by eclosion (Shimono et al., 2009; Yasunaga et al., 2010, 2015; Lyons et al., 2014; Kitatani et al., 2020). Interestingly, the dendritic arbors of adult C4da neurons are rapidly reshaped from a radial shape to a lattice-like shape within 24 h after eclosion (Yasunaga et al., 2010, 2015). This radial-to-lattice reshaping arises from rearrangement of the existing radial branches into the lattice-like pattern, rather than extensive dendrite pruning followed by regrowth of the lattice-shaped arbors over the period (Yasunaga et al., 2010).

Another good model for dendrite remodeling in invertebrates is motoneurons of the hawkmoth moth Manduca sexta (Consoulas et al., 2000). During metamorphosis, muscles of the larval abdominal body wall are replaced with newly generated adult muscles, whereas certain larval motoneurons survive metamorphosis to serve as adult motoneurons in Manduca (Truman and Reiss, 1976). To reestablish functional connectivity with adult muscles, motoneurons need to remodel their dendritic fields. Similar to Drosophila C4da neurons, Manduca motoneurons initially undergo dendrite regression followed by a massive extension of adult-specific trees during pupal development (Levine and Truman, 1985; Kent and Levine, 1993).

C. elegans sensory neurons are an emerging model system for studying the molecular basis for developmental dendrite remodeling. IL2 sensory neurons typically elaborate simple unbranched dendrites (Figure 1F). In response to adverse environmental conditions, however, IL2 neurons undergo dendrite remodeling, shifting from a bipolar to multipolar state (Schroeder et al., 2013). Intriguingly, this process is reversible: the arborized dendrites are pruned away after worms are returned to the normal (non-stressful) environment. Even in normal development, PVD sensory neurons exhibit dynamic dendrite remodeling by auto fusion between terminal branches to establish their characteristic dendritic trees (Oren-Suissa et al., 2010). Another interesting example of developmental dendrite remodeling is seen in the GABAergic DVB neurons, which display male-specific posteriorly oriented outgrowth, which changes significantly during development and shows dramatic changes that are experience- and activity-dependent (Hart and Hobert, 2018).



DENDRITE REMODELING IN PATHOLOGY, INJURY, AND AGING

Many types of neurons progressively reduce dynamics and stabilize their dendritic arbors as they mature (Emoto et al., 2006; Parrish et al., 2007b; Koleske, 2013). However, dendritic arbors of mature neurons can undergo dramatic regeneration under pathological conditions such as epilepsy and traumatic disorder (Murphy and Corbett, 2009). For instance, brain ischemia in mice induces dendrite remodeling in CA1 pyramidal neurons (Ruan et al., 2006). Similarly, post-traumatic stress disorder (PTSD)-like symptoms in mice is associated with the brain region-specific dendrite remodeling: the total number of dendrites is decreased in the prelimbic and increased in the infralimbic cortex (Lguensat et al., 2019).

Laser ablation of a part of dendrites in Drosophila C4da neurons induces robust dendrite regeneration (Song et al., 2012). Interestingly, injury-induced dendrite regeneration seems to be mechanistically distinct from developmental dendrite regeneration (Tao and Rolls, 2011) as well as initial dendrite development (Thompson-Peer et al., 2016). For example, dendritic branches from the same C4da neurons typically avoid overlapping in developmental regeneration as well as initial development, whereas dendrites fail to avoid overlapping with other branches from the same neurons in the injury-induced regeneration (Emoto et al., 2004; Yasunaga et al., 2015; Thompson-Peer et al., 2016). Similar to Drosophila C4da neurons, laser ablation of dendrites in C. elegans PVD neurons at the L4 stage evokes branch regeneration responses (Oren-Suissa et al., 2017). Unlike dendrite regeneration in other organisms, severed primary dendrites grow toward each other and eventually reconnect via branch fusion.

Dendritic branches often degenerate as animals age, and this dendrite degeneration seems to be accelerated in aging-related neurodegenerative diseases (Lin and Koleske, 2010; Adalbert and Coleman, 2013). Aging-associated dendrite degeneration is also observed in Drosophila C4da neurons and C. elegans PVD neurons (Shimono et al., 2009; Lezi et al., 2018). In the course of aging-associated dendrite degeneration in PVD neurons, from day 1 to day 9 of adulthood, varicosity-like structures are progressively formed along the dendritic branches (Lezi et al., 2018). Further, fragmented microtubules are often observed in aged PVD dendrites, but not young dendrites. These progressive changes in dendrite morphology are similar to characteristics of the degenerating dendrites observed in mammalian and Drosophila neurons (Emoto et al., 2006; Kanamori et al., 2013, 2015a; Koleske, 2013), implying that the underlying molecular mechanisms might be similar.



TEMPORAL CONTROL OF DENDRITE REMODELING


Neural Activity in Developmental Dendrite Remodeling

In the developing mammalian nervous system, the neural activity often drives fine-tuning of the functional neural circuits through multiple cellular mechanisms including dendrite remodeling (Wong and Ghosh, 2002). Indeed, glutamate receptor (NMDA and AMPA receptors)-mediated synaptic transmission is required for dendrite remodeling in the layer IV neurons in the rodent barrel cortex (Figure 1C; Mizuno et al., 2014; Nakazawa et al., 2018). Similarly, pharmacological manipulation of afferent activity in the postnatal mice dampens the multiplanar-to-monoplanar transition of dendritic trees in Purkinje cells (Kaneko et al., 2011; Figure 1B).

In many sensory systems, the spontaneous activity generated by the sensory organ often fine-tunes connections to produce a precise nearest-neighbor relationship from sensory to higher-order neurons. For instance, in vivo imaging of the neonatal mouse brain reveals a propagating wave of activity from the retina through the entire visual system in the brain (Feller et al., 1996; Ackman et al., 2012; Ackman and Crair, 2014). Similarly, the spontaneous activity generated in the developing cochlea propagates to auditory brain regions (Tritsch et al., 2007). In both cases, pharmacological or genetic inhibition of the spontaneous activity disturbs functional refinement of the sensory circuits (Triplett et al., 2009). Dendrite remodeling in mitral cells is largely unaffected in mice lacking function of the olfactory cyclic nucleotide-gated (CNG) channels that are required to evoke odor-triggered signaling in mitral cells (Lin et al., 2000) although a small delay in the remodeling was observed. Furthermore, in vivo imaging of dendrite remodeling in mitral cells indicates that over 50% of mitral cells complete dendrite remodeling before the animals’ birth (Togashi et al., 2020), supporting the idea that odor-evoked activity in mitral cells is dispensable for dendrite remodeling. Indeed, a recent study suggested that spontaneous activity, rather than evoked activity, in the olfactory circuits might play a role in dendrite remodeling in mitral cells (Fujimoto et al., 2019).

In contrast to the vertebrate nervous system, there is little evidence supporting the role of neural activity in developmental dendrite degeneration and regeneration in invertebrates. However, several reports suggest activity-dependent mechanisms in certain types of dendrite remodeling. For example, injury-induced dendrite regeneration requires neural activity in larval C4da neurons, although the neural activity is dispensable for initial dendrite growth during embryonic/larval stages as well as developmental dendrite remodeling during metamorphosis (Thompson-Peer et al., 2016). Unlike C4da neurons, neural activity promotes dendrite growth in developing Drosophila motoneurons (Vonhoff et al., 2013), but it remains to be determined whether activity might act in dendrite remodeling. Studies on Manduca motoneurons suggest a potential role of neural activity in dendrite remodeling during metamorphosis (Duch and Levine, 2002; Duch and Mentel, 2004).



Transcriptional Control of Developmental Dendrite Remodeling

Multiple aspects of dendrite development including remodeling processes are often under transcriptional control. Dendrite remodeling in Purkinje cells is regulated by the thyroid hormone and its receptor Retinoic acid-related orphan receptor alpha (RORα). RORα was originally identified as the gene responsible for the ataxic mutant mouse staggerer (Sidman et al., 1962; Gold et al., 2007). Purkinje cells in staggerer mutant mice exhibit atrophic, fusiform-like dendrites lacking spiny branchlets (Landis and Sidman, 1978; Soha and Herrup, 1995). Further, overexpression of RORα in wild-type Purkinje cells accelerates dendrite regression in organotypic cultures (Boukhtouche et al., 2006). These data suggest that RORα mediates the regression of dendrites in the early phase of development. Besides, recent studies suggest that RORα is required not only for the branch regression early in dendrite development but also for dendrite growth in later developmental stages through regulating expression levels of multiple different genes (Takeo et al., 2015; Hatsukano et al., 2017).

The BTB/POZ-type transcription factor BTBD3 is required for dendrite remodeling of the layer IV pyramidal neurons in the rodent barrel cortex (Matsui et al., 2013). Since BTBD3 is translocated from the cytosol to the nucleus in response to neural activity in pyramidal neurons, BTBD3 might function downstream of neural activity in dendrite remodeling. Similar dendrite remodeling defects in layer IV pyramidal neurons are observed in neurons defective for the transcription factor Lhx2 (Wang et al., 2017). Lhx2 is required for BTBD3 expression in somatosensory neurons in response to neural activity (Wang et al., 2017). Since Lhx2 is constitutively expressed in developing somatosensory neurons, Lhx2 likely functions as a permissive factor for BTBD3 expression in response to neural activity.

Dendrite remodeling in invertebrates is likewise subject to transcriptional control, with signaling by the steroid hormone ecdysone playing a key role in timing and execution of Drosophila C4da sensory neuron remodeling (Kuo et al., 2005; Williams and Truman, 2005). The molting hormone ecdysone is secreted from the prothoracic gland at precisely timed developmental intervals, with each peak of ecdysone triggering a major developmental transition (Yamanaka et al., 2013). One of the largest ecdysone pulses occurs at the end of larval development and triggers the initiation of metamorphosis, during which larval structures including sensory dendrites are extensively remodeled to the form they will take in the adult (Thummel, 2001). The ecdysone hormone binds to the nuclear receptor composed of a non-covalent heterodimer of two proteins, EcR and USP, which, in turn, induces multiple target genes. Among the downstream targets, the transcription factor SOX14 mediates dendrite pruning in C4da neurons as Sox14 expression is induced during the early metamorphosis in an EcR/USP-dependent manner, and Sox14 mutant C4da neurons show defects in dendrite pruning presumably in part through inducing the E3 ligase Cullin1 (Wong et al., 2013). Although in vivo targets of Cullin1 in dendrite pruning remain unclear, one potential outcome might be the reduction of Akt levels in C4da neurons, leading to suppression of dendrite growth.

The transcription factor AP-1 (Jun) has been implicated in activity-dependent dendrite growth in Drosophila motoneurons (Hartwig et al., 2008; Vonhoff et al., 2013). Recent reports suggest that AP-1 likely acts downstream of JNK signaling in both developmental and injury-induced dendrite degeneration (Hao et al., 2019; Zhu et al., 2019), yet its transcriptional targets in dendrite remodeling remain elusive.



MicroRNAs Trigger Developmental and Injury-Induced Dendrite Regeneration

MicroRNAs (miRNAs) have recently emerged as key factors regulating developmental timing in the nervous system (Sun et al., 2013; Shenoy and Blelloch, 2014). Although miRNAs appear to play both positive and negative roles in axon regeneration after injury (Mahar and Cavalli, 2018), roles for miRNAs in dendrite regeneration have been elusive. A recent genetic screen in Drosophila C4da neurons has identified the miRNA miR-87 as a critical regulator of dendrite regeneration (Kitatani et al., 2020). miR-87 knockout impairs dendrite regeneration after developmentally-programmed pruning, whereas miR-87 overexpression in C4da neurons causes precocious initiation of dendrite regeneration. Genetic analyses indicate that the transcriptional repressor Tramtrack69 (Ttk69) is a functional target for miR-87-mediated repression as ttk69 expression is increased in miR-87 knockout neurons and reducing ttk69 expression restores dendrite regeneration in miR-87 neurons. Given that Ttk69 prevents progenitor cell differentiation by suppressing the expression of genes required for neural fate specification (Xiong and Montell, 1993; Li et al., 1997; Kniss et al., 2013), miR-87 might suppress Ttk69 function to reactivate the “neural differentiation” program including dendrite regrowth in C4da neurons. Interestingly, miR-87 is required for dendrite regeneration after acute injury in the larval stage, as well as developmental dendrite regeneration (Kitatani et al., 2020). Since the miR-87 expression is upregulated in C4da neurons upon dendrite injury and functions by suppressing ttk69 expression, the miR-87-mediated ttk69 suppression is a common intrinsic mechanism to drive developmental and injury-induced dendrite regeneration.



Intrinsic Signaling in Dendrite Degeneration and Regeneration After Injury

In the axonal degeneration after injury, namely Wallerian degeneration, numerous signaling molecules are identified including NMNATs, SARM, MAPKs, and JNKs, and their roles in the axon degeneration seem to be conserved between invertebrates and vertebrates (Gilley and Coleman, 2014; Mahar and Cavalli, 2018). By contrast, much less is known about signaling pathways in dendrite regeneration after injury. Recent studies reported that JNK signaling is involved in both developmental and injury-induced dendrite degeneration in Drosophila C4da neurons (Hao et al., 2019; Zhu et al., 2019). In both cases, JNK acts through the canonical downstream effectors AP-1 (Jun) and Fos, but JNK signaling might play different roles in developmental and injury-induced dendrite degeneration (Hao et al., 2019; Zhu et al., 2019).

mTOR signaling promotes dendrite regeneration as well as axon regeneration after injury in vertebrates and invertebrates (Park et al., 2008; Duan et al., 2015; Agostinone et al., 2018; Beckers et al., 2019). Interestingly, mTOR is locally upregulated through local translocation of mRNAs at the injury sites in the axon regeneration (Terenzio et al., 2018), but how an injury could trigger the local translation remains elusive. Given that mTOR is required for both axon and dendrite regeneration, similar local translation for mTOR might work in dendrite regeneration as well.

The regenerative capacity of dendrites declines with age at least in invertebrates, which is the case in Drosophila C4da neurons (DeVault et al., 2018) and C. elegans PVD neurons (Kravtsov et al., 2017). In PVD neurons, the age-dependent dendrite regeneration is inhibited in part by the Insulin/IGF1 signaling pathway (Kravtsov et al., 2017).




SPATIAL CONTROL OF DENDRITE REMODELING


Extrinsic Regulation


Cellular Interactions

Since most axon pruning involves the removal of axons that had already made synaptic connections, axon pruning is tightly associated with synapse elimination. Indeed, repulsive signaling molecules such as Semaphorins and Ephrins are required for a large-scale axon degeneration in developing mammalian nervous systems (Riccomagno and Kolodkin, 2015). By contrast, no obvious requirement for repulsive molecules has been reported in developmental dendrite pruning. A recent study reported that a weak but significant delay in dendrite pruning in mitral cells is observed in mice lacking Sema7A and its potential receptor PlexinC1 (Inoue et al., 2018). Given that Sema7A is upregulated by the odor-evoked activity in olfactory sensory neurons and that Sema7A and PlexinC1 are both required for synapse formation (Inoue et al., 2018), Sema7A and PlexinC1 might contribute to synapse formation and/or stabilization of between sensory neuron axons and mitral cells dendrites. It remains to be elucidated whether Sema7A and PlexinC1 could contribute to the removal of the synapse connections through repulsive signaling. Indeed, the Semaphorin signaling functions in both synapse formation and disruption in the Drosophila giant fiber system (Godenschwege et al., 2002) and in synapse removal in murine hippocampal neurons (Liu et al., 2005).

In the case of the nerve end pruning in rodent nociceptive sensory neurons (Takahashi et al., 2019), in vivo imaging reveals that the nerve-epithelial interactions likely play a role in the spatial control of pruning, as the nerve ends tend to be pruned underneath the tight junctions within the epithelial cells (Takahashi et al., 2019). It is thus likely that tight junctions might provide unknown spatial cues to the nerve ends.



Environmental Cues

The interactions between dendrites and the extracellular matrix (ECM) have been implicated in regulating the structural plasticity of dendrites in vivo (Fujioka et al., 2012). For instance, blockage of the integrin-ECM interaction in retina ganglion cells or genetic ablation of the integrin-mediated signaling in adult cortical neurons causes progressive retraction of dendritic branches (Moresco et al., 2005; Marrs et al., 2006). ECM modifications in the nervous system are typically achieved by the concerted actions of several different proteases that are secreted by neurons and glial cells in vertebrates and invertebrates (Yong, 2005; Page-McCaw et al., 2007). In particular, matrix metalloproteases (MMPs) are the likely regulators in dendrite development and pathology (Sekine-Aizawa et al., 2001; Szklarczyk et al., 2002). Indeed, the dendrite reshaping of Drosophila C4da neurons after eclosion is triggered through ECM modification by the epithelial-derived MMP2 (Yasunaga et al., 2010). In addition to the dendrite reshaping, Drosophila MMP2-mediated ECM modification is associated with the reduced capacity of dendrite regeneration with aging as inhibiting MMP-2 preserves the ability of dendrite regeneration in C4da neurons as the animal aged (DeVault et al., 2018). In the mouse cerebellum, the membrane-type 5 MMP (MT5-MMP; also named MMP-24) is highly expressed in developing dendrites of Purkinje cells (Sekine-Aizawa et al., 2001), implying a potential role of MT5-MMP in PC dendrite remodeling. Importantly, MMP expression levels are elevated after nervous system injury and in several neuronal pathologies. Furthermore, after a seizure, MMP-9 mRNA is transported to dendrites and synapses in the hippocampal DG of kainic acid-treated rats (Konopacki et al., 2007). Thus, MMP-mediated EMC modification might contribute to injury and pathology-induced dendrite remodeling as well as developmental dendrite remodeling. MMP activity is required for axon degeneration and regeneration (Andries et al., 2017).

In C. elegans PVD neurons, an antimicrobial peptide, namely NLP-29, secreted from the epidermis drives aging-associated dendrite degeneration (Lezi et al., 2018). NLP-29 expression is increased along with aging under the control of the innate immune signaling pathway, and the secreted NPL-29 is received by the G protein-coupled receptor NPR-12 in PVD neurons (Lezi et al., 2018). As expected from its regulation by the innate immune signaling, NLP-29 is also required for the fungal infection-associated dendrite degeneration in PVD neurons (Lezi et al., 2018).


Intrinsic Regulators


Caspase Activity and Intracellular Calcium Levels

Developmental dendrite degeneration is often achieved in a compartmentalized manner (Kanamori et al., 2015b; Riccomagno and Kolodkin, 2015). How neurons can compartmentalize the degeneration activities into particular branches is an important issue to be addressed. Caspases are required for dendrite pruning as well as axon degradation, and the caspase activity is typically restricted in dendritic branches during dendrite pruning in Drosophila C4da neurons (Kuo et al., 2006; Williams et al., 2006) and in axonal branches in Wallerian degeneration (Cusack et al., 2013; Unsain et al., 2013). In the case of axon degeneration, caspase activity is spatially determined by the expression of the Inhibitor of apoptosis protein (IAP) in the soma and dendritic branches, which suppresses caspase activity in the soma and dendritic branches, therefore confining caspase activity in the axonal compartment (Potts et al., 2003; Cusack et al., 2013; Unsain et al., 2013). Also, proteasome activity spatially controls caspases as well as IAP through local degradation in Wallerian degeneration (Potts et al., 2003; Cusack et al., 2013; Unsain et al., 2013). Though not yet determined, dendrite pruning might also utilize similar strategies to restrict caspase activity.

Another factor that functions in dendrite pruning in a compartmentalized manner is intracellular calcium (Ca2+). Time-lapse imaging of pruning dendrites in Drosophila C4da neurons reveals low frequency (~0.01 Hz) Ca2+ transients in dendritic branches that are destined to be pruned (Kanamori et al., 2013). Interestingly, these compartmentalized Ca2+transients are observed ~3 h before dendrite severing, and completely predict the location and timing of the dendrite pruning. The voltage-gated Ca2+ channels (VGCCs) are responsible for generating Ca2+ transients, and mutant C4da neurons lacking the VGCC activity show significant defects in dendrite pruning, suggesting that the dendritic Ca2+ transients are predominantly composed of Ca2+ influx through VGCCs. Given that VGCCs are activated by depolarization of membrane potential, membrane potential might be locally changed in dendritic compartments, which in turn drives Ca2+ transients. Subsequent calcium signaling activates the Ca2+-dependent protease calpains that promote dendrite degeneration cooperatively with the activity of caspases (Kuo et al., 2006; Williams et al., 2006; Kanamori et al., 2013). Unlike caspase activity, Ca2+ transients are restricted in particular dendritic compartments in part by physical barriers that are formed in the proximal dendrites (Kanamori et al., 2015a). Interestingly, calpains and caspases function cooperatively in both developmental and injury-induced axon degeneration in the mouse visual system (Yang et al., 2013). It is thus likely that the Ca2+ transient-activated protease system functions in axon degeneration as well as dendrite degeneration in invertebrates and vertebrates. Additionally, a recent article reports that the low-frequency Ca2+ transients drive not only dendrite pruning but also synapse pruning in the neuromuscular junctions in Drosophila (Vonhoff and Keshishian, 2017).



Rearrangement of Cytoskeletal Structures

Microtubule (MT) organization is important for both the degeneration and regeneration of dendritic trees (Rolls et al., 2020). In developmental dendrite degeneration in Drosophila C4da neurons, MT breakdown is the earliest detectable event in dendrite pruning (Williams and Truman, 2005; Kanamori et al., 2015a; Herzmann et al., 2018). MT breakdown and subsequent disassembly in developmental dendrite degeneration are mediated by multiple factors including Kat-L60, Fidgetin, and Par-1 (Lee et al., 2009; Tao et al., 2016; Herzmann et al., 2017). Also, MT polarity organization in dendrites is a critical factor for efficient degeneration of dendrites. Unlike mammalian dendrites, dendritic MTs exhibit the minus-end-out polarity in Drosophila C4da dendrites (Stone et al., 2008). Knockdown of the genes involved in the control of the dendrite MT polarity such as patronin and kinesins causes significant defects in dendrite pruning in Drosophila C4da neurons (Herzmann et al., 2018; Wang et al., 2019).

A recent study in Drosophila C4da neurons has identified the receptor tyrosine kinase-like orphan receptor (Ror) as a critical factor for dendrite regeneration after injury (Nye et al., 2020). Subsequent studies suggest that Ror promotes TM nucleation for dendritic branch growth in cooperation with the Wnt signaling pathway (Nye et al., 2020; Weiner et al., 2020).



Membrane Dynamics

Recent studies in invertebrate models indicate that local membrane dynamics in dendritic branches impact dendrite remodeling. In the course of dendrite pruning in Drosophila C4da neurons, the first morphological alterations are observable in the proximal regions of dendrites: proximal dendrites actively form varicosities and dendritic branches progressively become thinner, which eventually compartmentalizes distal parts of the dendrites (Williams and Truman, 2005; Kirilly et al., 2009; Kanamori et al., 2015a). This compartmentalization of dendritic branches is driven by local endocytosis at proximal dendrites (Kanamori et al., 2015a). Genetic inhibition of Rab5- and Shibire/Dynamin-dependent endocytosis suppresses the dendrite thinning at proximal dendrites and also impairs initiation of Ca2+ transients in distal dendrites, suggesting that the local membrane dynamics at proximal dendrites spatially defines dendrite pruning. In addition to the local endocytosis at proximal dendrites, global endocytosis contributes to dendrite pruning in C4da neurons in part through endosomal degradation of the L1-type cell-adhesion molecule Neuroglian (Nrg; Zhang et al., 2014; Zong et al., 2018; Krämer et al., 2019). The Nrg degradation starts from the onset of metamorphosis, and loss-of-function nrg mutant neurons show precocious dendrite pruning. Thus, the removal of Nrg from the cell surface acts as a prerequisite for dendrite pruning. Indeed, genetic evidence suggests that this global endocytosis for Nrg degradation functions in dendrite pruning cooperatively with the local endocytosis for the compartmentalized Ca2+ transients (Kanamori et al., 2015a).

The type I membrane protein EFF-1, which was originally identified as a cell fusion-promoting factor, regulates the complexity of dendritic arbors by pruning excessive dendritic branches in C. elegans PVD neurons (Oren-Suissa et al., 2010). Consistently, the pruning process involves not only dendrite severing and retraction but also dendrite–dendrite auto fusion. Furthermore, EFF-1 mediates dendrite repair after injury by promoting membrane fusion between elongating dendritic branches (Oren-Suissa et al., 2017). Interestingly, AFF-1 fusogen, a paralog of EFF-1 expressed in neighboring hypodermal cells but not the neuron, also contributes to dendrite repair, possibly through extracellular vesicle-cell fusion (Oren-Suissa et al., 2017). A recent report proposed that EFF-1 regulates PVD dendrite morphology in part by patterning the cell adhesion molecule SAX-7 distribution in hypodermal cells (Zhu et al., 2017). It remains to be elucidated whether similar fusogen proteins might play a role in developmental and injury-induced dendrite remodeling in other organisms.







FUTURE PERSPECTIVES

In the past decade, considerable progress has been made in understanding the molecular mechanisms underlying dendrite remodeling including branch regeneration and degeneration in vivo, but many questions remain as to how the sequential rounds of branch degeneration and regeneration in developing dendrites are regulated by coordinated actions of the identified molecules. In particular, spatial regulation of dendrite degeneration and regeneration is still largely elusive. For instance, how the layer IV pyramidal neurons could selectively degenerate and regenerate apical and basal dendrites, respectively, is unknown (Figure 1D). It is even harder to imagine how Purkinje cells can confine 3D dendritic arbors into 2D arbors (Figure 1C). To tackle these interesting but difficult questions, developing novel optogenetic tools for local manipulation of molecular activity in dendrites should be a powerful approach. It should be also useful to develop in vivo imaging systems to precisely monitor multiple molecular activities in dendrites. Also, studies using Drosophila models have provided several molecular clues that could bridge our knowledge gaps in the spatiotemporal regulation of dendrite remodeling. First, given that microRNAs are the potential factors that drive the temporal transition from dendrite degeneration to regeneration, further identification of the downstream targets should be an efficient way for further understanding of the temporal control. Second, Ca2+ transients and Caspase activity can be good readouts to identify molecules involved in the spatial control of dendrite compartmentalization. The field is only at the starting point in terms of understanding how the components function together in dendrite degeneration and regeneration.
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Stereotypic dendrite arborizations are key morphological features of neuronal identity, as the size, shape and location of dendritic trees determine the synaptic input fields and how information is integrated within developed neural circuits. In this review, we focus on the actions of extrinsic intercellular communication factors and their effects on intrinsic developmental processes that lead to dendrite patterning. Surrounding neurons or supporting cells express adhesion receptors and secreted proteins that respectively, act via direct contact or over short distances to shape, size, and localize dendrites during specific developmental stages. The different ligand-receptor interactions and downstream signaling events appear to direct dendrite morphogenesis by converging on two categorical mechanisms: local cytoskeletal and adhesion modulation and global transcriptional regulation of key dendritic growth components, such as lipid synthesis enzymes. Recent work has begun to uncover how the coordinated signaling of multiple extrinsic factors promotes complexity in dendritic trees and ensures robust dendritic patterning.
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INTRODUCTION: DENDRITIC FORMS FOLLOW FUNCTIONS

Neurons form complex yet stereotyped branching dendritic arbors, which receive and process information from other neurons. The locations of dendritic arbors determine the types of presynaptic partners and input information that is received and integrated, while the dendritic shape, size and complexity govern the input number and passive electrotonic properties (London and Hausser, 2005; Lefebvre et al., 2015). Stereotypical dendrite arborizations are tightly correlated with neuronal identity and functions. Quantitative analyses of pyramidal and Purkinje cells suggest that their dendritic morphology maximizes the complexity of potential inputs under the constrain of total dendritic lengths while theoretical modeling of neocortical neurons suggests that changes in dendritic morphology are able to alter signal propagation within the neuron (Mainen and Sejnowski, 1996; Wen et al., 2009). Thus, dendrite shapes and sizes can conceivably affect synaptic connectivity and neuronal computation. Moreover, failures to establish proper dendritic structures have been observed in human pathological studies of neurological and neurodevelopmental disorders (Kulkarni and Firestein, 2012; Forrest et al., 2018).

During brain development, each neuron runs a temporal cell-intrinsic growth program and also responds to dynamic environmental cues, with interplay between these extrinsic factors and intrinsic processes ensuring proper dendritic morphogenesis. Dendrite development requires specific intrinsic factors, such as transcriptional regulators, that facilitate growth of neurons and allow the cells to acquire subtype-specific morphologies (Jan and Jan, 2010; Dong et al., 2015). Additionally, recent genetic and transcriptomic analyses have revealed that different types of neurons express distinct cell surface proteins that respond to external cues in order to guide and shape dendrites (Li et al., 2017; Kurmangaliyev et al., 2019; Davis et al., 2020; Jain et al., 2020). This review focuses on the morphological aspects instructed by secreted and contact-mediated factors and the mechanisms by which extrinsic cues and key intrinsic regulators are spatiotemporally coordinated to shape dendritic patterning. First, we describe current work on different neural architectures, highlighting notable aspects of dendritic routing related to each architecture. We then summarize the recently uncovered mechanisms of action that mediate dendritic patterning in response to extrinsic factors at various dendritic developmental stages. Finally, we discuss the coordination of multiple extrinsic factors in regulating dendritic development.



DENDRITIC PATTERNING IN DIFFERENT NEURAL ARCHITECTURES

Recent studies using genetics and imaging analysis have greatly advanced the identification of extrinsic factors and their roles in dendritic morphogenesis. These studies have focused on multiple experimental systems with unique neural architectures, such as Drosophila adult visual neurons (Fischbach and Dittrich, 1989; Ting et al., 2014), Drosophila larval dendritic arborization (da) sensory neurons (Jan and Jan, 2010), C. elegans PVD neurons (Inberg et al., 2019), mouse retinal neurons (Sanes and Zipursky, 2010), pyramidal neurons (Spruston, 2008), and cerebellar Purkinje cells (Fujishima et al., 2018; Figure 1). Different types of neural architectures have distinct requirements for dendritic routing, and consequently, the sources and patterns of extrinsic factors that guide routing differ between the model systems. Three major types of neural architectures have been examined in detail, including layer-column, glomeruli, and 2D-space tiling.
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FIGURE 1. Experimental systems for studying dendritic patterning. (A) Organization of layers and columns in the Drosophila visual system. Schematic illustration shows the structures of retina, lamina, and medulla. Dendrites of lamina neurons (L1∼L5 in green) received visual information from photoreceptors and organized in a columnar structure. Transmedulla neurons (Tm2, 9, and 20 in purple) elaborate their dendrites into specific layers and are confined to a single medulla column. The amacrine-like neuron Dm8 (orange) extends dendrites in the M6 layer where they receive ∼14 R7 inputs. (B) The illustration depicts Drosophila embryonic abdomen motoneurons that project their dendritic arbors within the ventral nerve cord of the embryonic CNS in partial segments. The aCC neuron is magenta. FasII-positive longitudinal axon bundles are light yellow. CNS axonal tracts are labeled in gray. Anterior is to the left. (C) Anatomical organization of the Drosophila olfactory system. The antennal lobe is organized into discrete neuropil compartments, called glomeruli, where matched axonal arbors of olfactory receptor neurons (ORNs) and dendrites of projection neurons (PNs) are converged precisely. This drawing shows two adjacent glomeruli located at the dorsolateral region of the AL, the Or67d:DA1 and Or88a:VA1d. Specific types of projection neurons (PNs) project their dendrites to discrete glomeruli within the antennal lobe. In panels (A–C), dendritic arbors are highlighted in dark color. (D) In third-instar Drosophila larva, the dendrites of a highly branched class IV dendritic arborization (C4da) neurons achieve almost complete coverage of the body wall. Dendrites from the same cell or from the same class of neurons do not overlap in their territories. Epidermis is shown as hexagon shapes underneath the C4da neurons. (E) The schematic shows the general organization of Purkinje cells and granule cells in the cerebellar cortex. Elaborate dendritic trees of adjacent Purkinje cells lie parallel in planes and form synapses with T-shaped parallel fibers (in pink), the axons of granule cells.



Routing Dendrites in Layers and Columns

In the visual systems of vertebrates and invertebrates, neurons extend dendrites to particular layers of the stratified neuropil in the retina and brain (Sanes and Zipursky, 2010). In the vertebrate retina, the laminar arrangement of visual neurons is separated into three distinct “nuclear” layers (contain cell bodies but no synapses) interspersed with two “plexiform” layers (contain synapses but no cell bodies). Axons of ON bipolar cells (excited by light) terminate in the inner half of the inner plexiform layer (IPL), where they form synapses with dendrites of ON retinal ganglion cells (RGCs) and amacrine cells. Similarly, OFF bipolar axons and OFF RGCs dendrites form synapses in the outer half of the IPL. The RGC axons relay visual information and innervate the optic tectum (also called the superior colliculus), which is also composed of stacked layers that each encode certain visual features, such as light polarity or direction-specific motion (Sanes and Zipursky, 2010; Figures 2A,B). Similar stratified neuropils are also found in invertebrate visual systems. In the Drosophila optic lobe, the majority of dendritic branches arise from one or two nodes in specific layers, with the dendrites extending to different layers. For example, Tm20 neurons extend most dendrites from the third medulla layer (M3) to the M1–M3 layers, while Dm8 neurons extend most of their dendrites in the M6 layer (Fischbach and Dittrich, 1989; Ting et al., 2014; Figure 1A). In addition to layer-specific targeting, dendrites from medulla neurons also exhibit type-specific planar directions of projection. For example, Tm1, Tm2, and Tm9 neurons extend dendrites anteriorly, while Tm20 neurons project dendrites posteriorly (Ting et al., 2014; Figure 1A). The development of this grid-like organization of the visual systems requires matching axonal terminals and dendrites in layers and controlling dendritic elaboration in columns. The extrinsic factors that regulate dendritic development are often provided by the grid-forming afferents. Surface receptors serve as adhesive or repulsive cues to regulate layer-specific elaboration of dendrites. The secreted factors often act in short-range to pattern dendrites and to control the field sizes (Figures 2A,B; detail molecular signals will be discussed in the below sections).
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FIGURE 2. Different cellular mechanisms regulate dendritic patterning. (A) Sidekick 1 (Sdk1) transmembrane adhesion receptor is concentrated in a distinct set of IPL sublaminae (S4 and light orange) in vertebrate retina sections. Sdk molecules can bind homophilically and extend dendritic arbors to one or a few restricted IPL sublaminae. The absence of Sdk1 causes dendrite mistargeting from S4 to other layers. Ectopically expressed Sdk1 (magenta) in Sdk1-non-expressing cells (outlined in green) redirects dendrites to the S4 layer. Either loss-of-function or gain-of-function for Sdks results in the degradation of cell-type-specific laminar restriction and leads to impaired motion sensing, due to selective loss of specific synapses (Yamagata and Sanes, 2008, 2018; Krishnaswamy et al., 2015). (B) Semaphorins and plexins function as repellent cues in control of dendrite targeting (Koropouli and Kolodkin, 2014). Transmembrane Sema6A is selectively expressed by RGCs and amacrine cells in most ON sublaminae; its receptor, PlexinA2 or PlexinA4, is expressed complementarily in OFF sublaminae of the IPL in the developing mouse retina. In ligand or receptor mutants, PlexinA2+ or PlexinA4 + amacrine cell dendrites are misrouted to abnormal locations in the ON IPL (Matsuoka et al., 2011a,b; Sun et al., 2013). INL, Inner nuclear layer; IPL, Inner plexiform layer; GCL, Ganglion cell layer. (C) Two Drosophila Teneurins, Ten-a and Ten-m, exhibit complementary expression patterns in the AL. Epidermal growth factor-repeat containing transmembrane Tens bind homophilically and act as attractive cues to recruit the relevant synaptic partners. Reduce expression of Ten-a in PNs redirects partial of their dendrites to glomeruli where presynaptic afferents express low Ten-a levels (Hong et al., 2012). (D) Repulsive transmembrane protein Semaphorin-1a (Sema-1a) regulates appropriate PN dendritic targeting to destined glomeruli in the AL. Dendrites of Sema-1a-difficient PNs mistarget and/or innervate into the DA3 glomerulus (Shen et al., 2017). (E) A family of molecular diversity cell recognition molecules, Pcdhs, is required to mediate dendrite self-avoidance and heteroneuronal interaction during development. Similar to Drosophila Dscam1, the Pcdhs are required for self-avoidance, with an analogous role for self/non-self-discrimination in mouse retinal starburst amacrine cells (SACs) and cerebellar Purkinje cells. Expressing a single γ-Pcdh isoform in γ-Pcdh-knockout is sufficient to rescue self-avoidance but reduces heteroneuronal dendrite interactions in SACs (Lefebvre et al., 2012).


Drosophila embryonic abdomen motorneurons are organized in an analogous grid-like organization. A set of ∼80 motoneurons are present in each segment of the ventral nerve cord (VNC) (Figure 1B), and each motorneuron projects an axon along a distinct nerve to innervate a peripheral target muscle field with characteristic dendritic arborization (Landgraf et al., 1997). The segmental muscular and longitudinal neuronal structures serve as landmarks for dendrite morphological analysis. For instance, developing aCC (anterior corner cell) motor neurons (magenta cell in Figure 1B) can be easily located and manipulated for studies on the dynamics of dendritic arbor growth (Tripodi et al., 2008). In addition, stereotypical dendritogenesis sites on aCC neurons are well suited for investigating the molecular mechanisms that control selection of dendritic branch points (Kamiyama et al., 2015). Using the well-aligned and organized reference architectures in the above mentioned systems, one can effectively quantify several different aspects of morphological alterations, including dendritic initiation, branching, and termination.



Glomerular Targeting

In the Drosophila olfactory system, odorant neurons (ORNs) relay odorant information to the primary olfactory center (specialized neuropil structures called glomeruli), in the antennal lobe/olfactory bulb. Specific types of insect olfactory projection neurons (PNs) and vertebrate mitral cells precisely target complex dendrites to discrete glomeruli (Figures 1C, 2C,D), where they receive olfactory information from specific ORNs. The axons of these neurons then project to higher brain processing centers. This system is highly amenable to studies on dendritic guidance and targeting mechanisms. Previous studies have shown that glomerular targeting of PN dendrites is controlled by intrinsic factors related to cell lineage and identity and further regulated by extrinsic cues (Corty et al., 2009).

Dendritic targeting to discrete glomeruli is likely achieved by a combination of two mechanisms: gradients of diffusible morphogens might act in long-range to pattern glomeruli while contact-dependent adhesive or repulsive cues match PN dendrites to ORN axons. During development, multiple ligands are secreted by ORNs and form gradients along dorsolateral-ventromedial (DL-VM) axis in the antennal lobe (Figure 2D; Sweeney et al., 2011; Wu et al., 2014; Hing et al., 2020) while different types of PN dendrites expressing distinct levels of receptors to generate quantitative signaling to orient PN dendritic innervations. In addition, class-specific surface proteins or receptors potentially refine specific glomerular targeting locally via short-range contact-mediated action (Figure 2C; Hong et al., 2009, 2012; Ward et al., 2015; Xie et al., 2019). Collectedly, pre-defined molecular gradients and local interactions suggest a combinatorial molecular code allowing the precise targeting of diverse neuron types within the antennal lobe.



Tiling on a Two-Dimensional Space

The most striking and characteristic features of the polymodal sensory da (dendritic arborization) neurons in Drosophila and the cerebellar Purkinje cells in vertebrates are their large and highly branched dendritic patterns on a 2D space. Despite their considerable sizes and complexities, the dendritic arbors originating from the same cell or different cells, do not cross, fasciculate or entangle, but together, the arbors maximize coverage of the 2D space (Figures 1D,E). A prerequisite to achieve 2D tiling of dendrites is to restrict dendritic growth on a 2D surface where contact-dependent repulsion among dendrites can exert its effects (Han et al., 2012).

Two related processes that both utilize contact-dependent repulsion are self-avoidance and tiling (Zipursky and Grueber, 2013; Parrish, 2016; Soba, 2016). Self-avoidance (or isoneuronal repulsion) requires that dendritic branches emerging from the same neuron repel one another to prevent the entanglement of sibling dendrites. Similarly, tiling requires the dendrites of the same neuronal type avoid one another (Grueber and Sagasti, 2010), thereby allowing full-field coverage for complete input sampling but also protecting against input redundancy. By restricting sensory dendrites to non-overlapping fields, the tiling patterns of mechanosensory neurons can provide accurate locational information about a stimulus. The establishment of such distinct dendrite territories is thought to involve signals secreted by heterotypic neighbors or non-neuronal cells (Lefebvre et al., 2015; Parrish, 2016). Moreover, homophilic receptors, such as DSCAM in Drosophila and the clustered protocadherins (Pcdhs) in vertebrates, are necessary for the contact-mediated repulsion that allows dendrites to fill their target territories evenly, without intersection of sibling dendrites from the same neuron (Lefebvre et al., 2012; Figure 2E). Together, self-avoidance and tiling cooperatively ensure efficient and non-overlapping coverage of the receptive fields.



EXTRINSIC FACTORS FROM VARIOUS CELLS IMPINGE ON INTRINSIC FACTORS AT DIFFERENT DEVELOPMENTAL STAGES

Studies on C. elegans, Drosophila, Xenopus, and rodents suggest that dendritic morphogenesis proceeds in stages. In the initial targeting stage, primary dendrites extend away from the cell body or axon/dendrite shafts into appropriate target fields, where they may encounter the axon terminals of presynaptic partners. In the dendrite elaboration stage, highly dynamic cytoskeleton rearrangements and plasma membrane expansion are required for branching, growth and retraction of dendrites. As dendrites approach an appropriate level of coverage, self-avoidance and tiling mechanisms become major influences to prevent dendritic receptive fields from overlapping with neighbors. Dendrite growth is therefore restrained and stabilized as the dendrite arbors approach their proper borders. Lastly, during the dendrite remodeling stage, dendritic pruning can occur before synapse formation. Many secreted factors and receptors have been identified as regulators of these dendritic developmental stages (Table 1).


TABLE 1. Extrinsic factors regulate dendritic morphogenesis at different stages.
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Dendrite Initiation Targeting Stage

Using hippocampal neuronal cultures as a model, previous studies revealed that the induction of neuronal polarity and the generation of single axons and multiple dendrites from the cell body proceeds in a well-defined temporal sequence (Cheng and Poo, 2012). Compared to axonogenesis (Arikkath, 2012; Chen et al., 2017), much less is known about how dendrite initiation is specified in vivo. For pseudounipolar neurons, dendrites first branch out at specific positions on the axonal shaft to innervate a specific target area. The initial targeting of dendrites thus influences the types of inputs that the neuron can receive. Recent studies revealed that Wnt(LIN-44)/Frizzled(LIN-17) and the transmembrane repulsive receptor, Dscam1, respectively, specify dendrite initiation sites in C. elegans oxygen-sensing PQR neurons (Kirszenblat et al., 2011) and Drosophila embryonic CNS neurons (Kamiyama et al., 2015). In vertebrates, the class 3 secreted Semaphorin-3A (Sema3A) and its receptor neuropilin-1 is involved in dendrite initiation in hippocampal neurons (Shelly et al., 2011).



Dendrite Elaboration Stage

In the elaboration stage, dendrites undergo numerous extension and branching events to reach or cover appropriate target regions. Both dendritic extension and branching require substantial plasma membrane expansion and cytoskeletal reorganization (Menon and Gupton, 2018). Plasma membrane expansion in dendrites is fueled by membrane material transport via exocytosis and lipogenesis machinery (Peng et al., 2015; Meltzer et al., 2017; Ziegler et al., 2017; Urbina et al., 2018). Local and directed reorganization of the actin-cytoskeleton is also essential for dendritic extension and branching; the loss of cytoskeletal regulators generally leads to drastic alterations of dendritic structures (Coles and Bradke, 2015; Kapitein and Hoogenraad, 2015). In dendritic filopodia, linear and branched actin remodeling are thought to be tightly regulated by the Ena/VASP and WRC (WAVE Regulatory Complex) proteins, respectively. Furthermore, a recent study revealed that the Arp2/3 (actin-related protein 2/3) complex, under the control of the WAVE protein, serves as the major actin nucleator for branching initiation (Stürner et al., 2019).



Dendrite Remodeling Stage

The remodeling or pruning process removes exuberant and excessive dendritic arbors as the nervous system matures (Riccomagno and Kolodkin, 2015). During Drosophila metamorphosis, dramatic remodeling/pruning of dendrites occurs in response to hormonal signaling by ecdysone. For instance, larval class IV dendritic arborization (C4da) neurons eliminate of all their dendritic branches, without affecting axons, before engaging the adult regrowth program (Kuo et al., 2005; Williams and Truman, 2005). In both insect and mammalian neurons, local activation of caspases is required for the elimination of dendritic branches and spines (Williams et al., 2006; Ertürk et al., 2014). The L1-type cell adhesion molecule, Neuroglian (Nrg), inhibits dendrite pruning in Drosophila ddaC sensory neurons, which depends on Rab5-dependent endocytosis-mediated degradation of surface Nrg (Zhang et al., 2014; Kanamori et al., 2015). While Nrg functions only in dendrites, the ephrin receptor, EphB3, has been implicated in both axon and dendrite pruning (Xu and Henkemeyer, 2009; Xu et al., 2011). Sema3A also regulates dendritic remodeling in an activity-dependent fashion in cultured hippocampal neurons in vitro (Cheadle and Biederer, 2014).



EXTRINSIC FACTORS INFLUENCE INTRINSIC PROCESS VIA LOCAL ACTIN-CYTOSKELETON AND GLOBAL TRANSCRIPTIONAL REGULATORS

Dendritic morphogenesis depends on local modulation of cytoskeletal machinery and plasma membrane addition/expansion, which are crucial for dendrite extension and branching. Extracellular factors acting on cognate receptors are known to modulate these processes directly or indirectly to affect dendritic morphogenesis. Recent studies have identified two major mechanisms by which extrinsic factors drive dendritic morphogenesis: local modulation of adhesion or cytoskeletal components and global transcriptional regulation of key dendritic growth components.


Transcription-Independent Mechanism

Dendritogenesis largely depends on modulation of the actin and microtubule cytoskeleton. Live-imaging analysis shows that clusters of dynamic F-actin called “actin blobs” are recruited at branch initiation sites along dendritic shafts in Drosophila C4da neurons (Nithianandam and Chien, 2018), suggesting that at such branch initiation sites, actin-associated complexes facilitate dendritic branching. Many cell surface receptors and adhesion molecules associate directly with cytoskeletal machinery, thereby providing a means of directly translating environmental signals to local dendritic morphogenesis. One of the major convergence points is the WAVE regulatory complex (WRC), which binds and activates the Arp2/3 complex to drive actin polymerization at distinct membrane sites. WRC associates with diverse cell surface receptors, such as protocadherins, ROBOs and netrin receptors, in order to regulate dendritic morphogenesis (Chen et al., 2014). The most thoroughly examined example of this process comes from worm PVD neurons, in which the dendrite branching receptor, DMA1, and the claudin protein, HPO-30, form a signal-sensing complex with the RacGEF, TIAM-1, and WRC. In response to the epidermis-derived co-ligand complex, SAX-7/MNR-1/LECT-2, this system locally activates the Rac-WRC-Arp2/3 signaling pathway to promote F-actin assembly, which drives high-order dendritic branching (Zou et al., 2018; Figure 3A).
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FIGURE 3. Extracellular factors govern dendritic morphogenesis via convergent signaling. (A) Model showing a multicomponent receptor-ligand complex regulating C. elegans PVD dendrite arborization. During the initiation of tertiary and quaternary PVD dendrite branches, membrane-associated protein, SAX-7/L1CAM, is expressed in a striped pattern in the underlying epidermis that correlates with the positions of dendrite branches. Surface expression of DMA-1 of PVD neuron receives extracellular signals via interactions with epidermal SAX-7/L1CAM and MNR-1, and the soluble ligand LECT-2 to function with HPO-30 and downstream effectors, TIAM-1 and the WRC (WAVE Regulatory Complex), that promote F-actin assembly, thereby resulting in dendritic branching at precise localization (Zou et al., 2018). (B) Two afferent-derived factors, Activin and DILP2, regulate Dm8 dendritic field size antagonistically. During the early pupal stage, insulin-like protein DILP2 derived locally from L5 neurons activates Insulin receptor (InR) and its canonical PI3K/AKT/TOR signaling pathway in Dm8 dendrites. Subsequent SREBP activation induces lipogenesis and stimulates Dm8 dendrite expansion. In the late pupal stage, InR expression declines, followed by the expression of Activin, which is derived from R7s. Activin acts on its receptor, Baboon, in Dm8 dendrites to restrict the expansion of the dendritic field. This temporal antagonistic regulation is accomplished by multiple afferent-derived morphogens and contributes to the robust and stereotyped control of Dm8 dendritic tree size (Luo et al., 2020).


Sema3A, a secreted semaphorin highly expressed in cortical plate, patterns both dendrites and axons of cortical pyramidal neurons during development. Previous studies have shown that Sema3A signals through its receptor Neuropilin-1/PlexinAs to promote dendritic growth and branching in vitro and in vivo (Fenstermaker et al., 2004; Tran et al., 2009; Mlechkovich et al., 2014; Yamashita et al., 2016; Danelon et al., 2020). In this signaling complex, PlexinAs serve as signal-transducing subunits to bridge the extrinsic factor Sema3A and their downstream effectors that regulate cytoskeleton reorganization (see review Goshima et al., 2016). Tran and colleagues first demonstrated that Plexin-A4’s KRK motif which associate with the RhoGEF FARP2 is specifically required for dendritic branching but not growth cone collapse in vitro (Mlechkovich et al., 2014). Recently, they generated a Plexin-A4KRK–AAA knock-in mice and showed that activated Sema3A signaling initiates a novel Sema3A-Neuropilin-1/Plexin-A4/FARP2/Rac1 signaling pathway to mediate dendrite morphogenesis of layer-5 cortical neurons in vitro and in vivo (Danelon et al., 2020). Another downstream signaling pathway for Sema3A is the collapsin response mediator protein (CRMP) family, which is also linked to cytoskeletal modulation. CRMP2 appears to promote hippocampal pyramidal neuron apical dendrite branching (Niisato et al., 2013). In contrast, CRMP4 might be involved in pruning apical dendrites of olfactory mitral cells, as CRMP4 knockout mice have enhanced growth of mitral cell dendrites (Tsutiya et al., 2016).

Wnts are secreted glycoproteins that engage diverse signaling pathways on regulating different aspects of neuronal development. In contrast to its transcriptional role in neurogenesis and differentiation via the β-catenin-dependent pathway, Wnts function as instructive extrinsic signals and provide spatial information for regulating of F-actin assembly in axon/dendrite morphogenesis (He et al., 2018). In adult Drosophila, the boundary of the dendritic field in the ventral abdomen is controlled by repulsive Wnt signals from the underlying epidermal tissues. Wnt5a-Drl (Ryk in mammalian) interactions act through Trio, a Rho GTPase exchange factor to promote dendritic termination through the activation of RhoA, a regulator of actin-cytoskeletal dynamics (Yasunaga et al., 2015). Loss of Ryk, a non-canonical Wnt receptor, in mouse hippocampal and cortical neurons promotes dendrite growth and branching in vitro, whereas overexpression of wild type Ryk restricts these processes (Clark et al., 2014; Lanoue et al., 2017). Human patients of Williams syndrome, a genetic neurodevelopmental disorder, identified a mutation in a Wnt receptor, the frizzled9 gene. It has been shown the downregulation of Wnt signaling increased total dendrite length in mutant neurons generated from patient-derived induced pluripotent stem cells (iPSCs) (Chailangkarn et al., 2016). These observations highlight an evolutionary conserved role of Wnt signaling in dendritic patterning.

The Drosophila embryonic aCC motoneuron serves as an especially illustrative example of how dendritogenesis sites are specified by coupling homophilic interactions to actin-cytoskeleton remodeling. Drosophila embryonic aCC motoneurons initiate dendritogenesis at sites of contact with the axons of MP1 neurons. In the aCC neuron, Dscam1-mediated homophilic interactions act via the Dock adaptor protein to localize the Cdc42 effector, Pak1, to the dendrite initiation site, thereby spatially restricting cytoskeletal remodeling (Kamiyama et al., 2015).

In another example from Drosophila, the attachment of dendrites to the extracellular matrix (ECM) confine da neuron dendrites to a 2D space, facilitating dendritic avoidance and tiling. The dendrite-ECM adhesion is mediated by interactions between dendritic integrins and epidermis-secreted laminins (Han et al., 2012). The semaphorin ligand, Sema-2b, is secreted by the epidermis and acts on the neuronal PlexB receptor to promote dendrite-ECM attachment (Meltzer et al., 2016). The Sema-2b/PlexB complex physically associates (and genetically interacts) with Mys, a β-subunit of integrin, and its downstream effectors, the TOR2 (target of rapamycin) complex and Tricornered (Trc) kinase. How Sema-2b/PlexB complexes activate Trc and/or modulate integrin activity to promote dendrite-ECM adhesion requires further investigation.

Contact-mediated extrinsic cues, such as intercellular recognition, establish dendritic patterning during development (Prigge and Kay, 2018). Adhesive molecules that regulate cell-cell recognition can lead to generation of a repellent signal or an adhesive interaction for establishing synaptic partnership (Sanes and Zipursky, 2020). Examples of trans-cellular binding-mediated adhesion are the Sidekicks and Teneurins, which function in specific laminar targeting of a subset of RGC dendrites in the vertebrate IPL (Figure 2A, Yamagata and Sanes, 2008, 2018; Krishnaswamy et al., 2015) and instruct dendritic targeting in Drosophila (Figure 2C; Hong et al., 2012), respectively. In both systems, either loss-of-function or gain-of-function result in the impairment of dendritic targeting. For repulsive interaction, the semaphorins and plexin signaling receptors are known as repellent signals for their roles in setting up laminar and cellular specificity. In the mouse retina, the transmembrane protein Sema6A and its receptors PlexinA2 or A4 are localized in specific sublaminae of the IPL. Loss of Sema6A severely disorganized lamina-specific arborization of RGCs and amacrine cells (Figure 2B; Matsuoka et al., 2011a,b; Sun et al., 2013). Similarly, loss of repellent effects of semaphorins also results in dendritic mistargeting in Drosophila olfactory system (Figure 2D; Shen et al., 2017). Recently, a study found that membrane leucine-rich repeat family member Fish-lips (Fili) acts as a non-homotypic repellent in ORNs signals to PNs, and in PNs signals to ORNs, to prevent invasion of neurites into inappropriate target region. Yet, the Fili receptor for this phenomenon is not known at this moment (Xie et al., 2019).



Transcription-Dependent Mechanism

Transcriptional control, especially of membrane synthesis and cytoskeletal components/regulators, has emerged as a major mechanism for extrinsic factors to modulate global dendritogenesis. Growth of large and highly branched dendrites requires a continuous supply of membrane constituents, which is generated by de novo lipid synthesis. Sterol regulatory element binding protein (SREBP) is a key transcription factor for lipogenic gene expression, and silencing of SREBP was found to reduce dendrite branching and length in Drosophila da neurons (Meltzer et al., 2017; Ziegler et al., 2017). A recent study on Drosophila Dm8 dendritic development provides a link between extrinsic factors and SREBP-dependent transcription regulation (Luo et al., 2020). In response to the afferent-derived insulin-like peptide, Dilp2, Dm8s activate the canonical InR/PI3K/TOR1 pathway, which activates SREBP to promote dendritic growth (Figure 3B). Whether SREBP activity is regulated by insulin or other extrinsic factors in Drosophila da neurons remains unknown.

In contrast, Smad-mediated transcriptional control negatively regulates dendritic growth and branching. In mouse hippocampal neurons and human iPSC-derived neurons, activated Smad interacts with the transcriptional repressor, TG-interacting factor (TGIF), to silence the expression of the CRMP2, a cytoskeleton regulator involving in dendrite elongation (Nakashima et al., 2018). By antagonizing the growth-promoting effects of the InR/PI3K/TOR1 pathway, TGF-β/Activin signaling restricts dendritic arborization of Dm8 and Tm20 medulla neurons, also through Smad-mediated transcriptional regulation (Ting et al., 2014; Figure 3B). Activin derived from afferent R7s and R8s acts specifically on the Baboon receptors, respectively, expressed by Dm8 and Tm20 neurons to activate the Smad2 transcription factor. While Smad2 appears to affect dendritic termination frequency, the transcriptional targets of Smad2 in Dm8 and Tm20 neurons have yet to be identified.



COMBINATORIAL EXTRINSIC FACTORS COORDINATE DENDRITIC DEVELOPMENT

It has been suggested that combinatorial molecular codes is the common principle of brain wiring for overcoming limited numbers of molecules as compared to the complexity of the nervous systems. Unlike axon guidance which employs multiple guidance receptors (Richardson and Shen, 2019), less is known about the combinatorial codes of extrinsic factors in dendritogenesis. The dendrite morphogenesis of the worm PVD neurons employees a unique combinatorial coding strategy of multi-ligand-receptor assembly. Proper dendritic patterning, especially dendritic branching, is driven by a penta-partite ligand-receptor complex formed by two dendritic receptors (DMA-1 and HPO-30), two epidermis transmembrane ligands (SAX-7 and MNR-1) and the muscle-secreted ligand LECT-2 (Zou et al., 2018; Figure 3A). In Drosophila class III da neurons, the Dscam1-mediated self-repulsive mechanism works cooperatively with the Netrin/frazzled guidance cue to guide sensory dendrites to their targets while uniformly filling the target field (Matthews and Grueber, 2011). Below we discuss a number of examples of multiple signaling pathways converging intracellularly to generate unique dendritic patterns.


Combinatorial Codes for Glomerulus Targeting

Recent studies have focused on the cues that mediate early dendritic targeting of olfactory projection neurons (PNs) to glomeruli of the Drosophila antennal lobe (AL). One such study revealed that the transmembrane cell surface receptor, Semaphorin-1a (Sema-1a), displays a graded expression pattern in the AL, with the highest protein level in PN dendrites at the dorsolateral corner (Komiyama et al., 2007). Based on loss-of-function experiments in several PN types, Sema-1a was initially proposed to instruct coarse PN dendritic targeting along the dorsolateral-ventromedial (DL-VM) axis by its action as a receptor for an opposing gradient of repulsive guidance cues (secreted ligands, Sema-2a/2b) from axons of degenerating larval olfactory receptor neurons (ORNs) (Sweeney et al., 2011). However, a more comprehensive analysis of Sema-1a mutants in many PN types suggested that Sema-1a functions locally to prevent PN dendrites from mis-targeting to select AL regions. The dendritic mis-targeting in multiple Sema-1a mutant PN types was inconsistent with the predictions of the original semaphorin gradient model (Figure 2C; Shen et al., 2017), challenging the idea that Sema-1a globally controls PN dendritic targeting along the DL-VM axis of the AL. Since PNs precisely project dendrites to unique AL glomeruli in wild-type animals, these Sema-1a studies raise the possibility that combinatorial molecular codes incorporate Sema-1a to ensure the generation of discrete dendritic patterns among distinct PN types. Molecules with graded expression, other than Sema-1a, may then be responsible for globally directing PN dendritic targeting within the AL. An excellent candidate is the repulsive guidance cue Wnt5 which forms a DL-high to VM-low gradient that orients specific PN dendrites. Moreover, an ORN axon-derived transmembrane planar cell polarity (PCP) protein, Van Gogh (Vang), serves as a mediator of Wnt5 repulsion in the context of PN dendritic targeting. Interestingly, PN dendrites express different levels of Drl (a Wnt5 receptor) to antagonize the Wnt5-Vang repulsion and direct appropriate localization to glomerular positions (Wu et al., 2014; Hing et al., 2020). By utilizing combinatorial molecular codes both locally and globally, proper dendritic patterns can be established among distinct PN types, permitting appropriate synapse formation with partner ORNs to create an accurate olfactory map.



Matching Pre/Post-synaptic Partners via Ig Superfamily Adhesive Code

An additional example of a known molecular combinatorial code is related to the Ig-containing adhesive receptor Dscams in fly visual laminar neurons (Zipursky and Grueber, 2013; He et al., 2014; Lah et al., 2014; Tadros et al., 2016). In each photoreceptor synapse, there is a tetrad of postsynaptic elements that invariably incorporates paired dendrites of laminar neurons, L1 and L2. Reportedly, L1 and L2 cells express different sets of Dscam1 and Dscam2 proteins (L1 expresses the Dscam2B isoform; L2 express Dscam2A) (Lah et al., 2014). Loss of either Dscam1 or Dscam2 produces mild pairing defects, and both Dscam1 and Dscam2 are required for correct postsynaptic pairing with a photoreceptor in single cartridge. When two dendrites from the same cell encounter each other, Dscam1 and Dscam2 stimulate homophilic repulsion to promote self-avoidance, preventing L1/L1 or L2/L2 pairs from incorporating into the same tetrad (Millard et al., 2010). These findings suggest that pairing of L1 and L2 may require other adhesive molecules, and together, they illustrate an extrinsic molecular combinatorial code that ensures proper dendritic morphogenesis.



Robust Dendrite Size Control by Two Afferent-Derived Secreted Factors

The multi-ligand combinatorial control of dendritic patterning is exemplified by a recent study characterizing dendritic size control of Drosophila Dm8 amacrine neurons (Luo et al., 2020), which ramify large dendritic arborizations to receive ∼14 inputs from R7 neurons (Gao et al., 2008). An earlier study showed that R7s secrete the TGF-β superfamily ligand, Activin, to restrict expansion of the Dm8 dendritic field (Ting et al., 2014). The work by Luo et al. then revealed a counteracting mechanism, in which the insulin ligand/receptor system promotes Dm8 dendritic arbor growth. Upon removal of L5 lamina neuron-derived Insulin-like Peptide 2 (DILP2) or disruption of insulin/Tor signaling in Dm8s, the dendritic arbors of Dm8 neurons are reduced and synapse with fewer photoreceptors (Figure 3B). A single-cell experiment further revealed that insulin signaling is under spatiotemporal control in Dm8s. As such, Dm8 neurons exhibit transient insulin receptor expression at early pupal stages, a time at which the cells have just begun to expand their dendritic arbors. Thus, Dm8s appear to receive both positive (insulin) and negative (Activin) signals to regulate their dendritic field size. Despite the antagonistic actions of Activin and DILP2, both are derived from afferents transmitting in a circuit-specific manner and acting on Dm8 dendrites at close range. Both morphogens are also generated by other adjacent afferents (DILP2 from L3 neurons and Activin from R7s), however, morphogens produced by those more distant sources are not necessary for normal Dm8 dendrite development. These observations suggest a precise spatial regulation in this context and support the general idea that afferent-derived cues tend to function at short range during distinct developmental stages. Observations from genetic interaction experiments further suggested that Activin signaling acts in parallel with insulin signaling through TOR and SREBP to control Dm8 dendrite elaboration. Interestingly, removing both signaling events causes Dm8 neurons to exhibit a normal average but highly variable dendritic field size, suggesting the antagonistic regulation by multiple afferent-derived morphogens is required for robust control of Dm8 dendritic tree size (Luo et al., 2020).

Previous theoretical studies using modeling and simulations have shown that the dendritic kinetic parameters, such as branching and terminating frequency, can determine the size and complexity of a dendritic tree (Cuntz et al., 2010; van Elburg, 2011; Lin et al., 2018; Luo et al., 2020); high branching and low terminating frequencies favor dendritic growth and result in large and complex dendritic trees, and vice versa. Interestingly, the robustness of dendritic tree sizes can be correlated with the ratio of terminating and branching frequencies. As such, high branching frequency that approximates the terminating frequency produces large but highly variable dendritic trees. Monte Carlo simulations further suggest the elaboration of both large and consistent dendritic trees can be achieved by temporal regulation of these two parameters. For example, large consistent dendritic trees can be generated by favoring growth in the early stage and increasing terminating frequency at later stages of development. In the Dm8 system, growth-promoting insulin signaling is normally restricted to early developmental stages, and ectopically extending the expression of insulin receptors resulted in highly variable dendritic field sizes (Luo et al., 2020), supporting the temporal regulation model.



CONCLUSION AND FUTURE CHALLENGES

To form stereotypic dendritic arbors, neurons endowed with specific intrinsic properties, such as cell-type-specific transcription programs, must respond appropriately to extrinsic factors (environmental cues) to properly execute dendritic morphogenesis during development. Studies over the past decades have uncovered a broad range of extrinsic factors, including morphogens, growth factors and adhesive receptors, that are provided by afferents or surrounding cells to affect various aspects of dendritic growth and patterning. These extrinsic factors act on cognate receptors to regulate global transcription or modulate local cytoskeletal organization and adhesion, in order to size, shape, and localize dendrites. Many of the identified extrinsic factors, receptors and downstream effectors are utilized in shaping dendrites across different systems. However, depending on the specific neural architectures, such as glomerular or layer-column structures (and hence the patterns of extrinsic factor expression), the effects of the machinery on final dendritic patterning are translated into glomerular targeting, layer-specific targeting, or receptive field establishment that meet the needs of the specific neurons.

One major challenge that lies ahead is to decipher the logic and potential hierarchy of combinatorial codes of intrinsic and extrinsic factors. Open questions remain as to how multiple extrinsic factors coordinate in a spatiotemporal fashion to shape dendrites and how combinations of cell-specific intrinsic factors and environmental cues give rise to cell-specific dendritic patterns and connectivity. Recent advances in single-cell transcriptomics might provide a means to identify and decipher the combinatorial molecular codes that generate complex and cell-type-specific dendritic patterns (Li et al., 2017; Kurmangaliyev et al., 2019; Davis et al., 2020). Stage-dependent gene expression, as revealed by developmental single-cell transcriptomics, has hinted at the importance of temporal regulation of extrinsic factors and receptors (Jain et al., 2020; Kurmangaliyev et al., 2020; Özel et al., 2020). One study suggested that the temporal regulation of receptors and antagonistic regulation are required for robust control of dendritic sizes (Luo et al., 2020), while other mechanisms of spatiotemporal regulation and combinatorial codes are being uncovered. However, it would be difficult to derive a comprehensive understanding of these processes without direct examination of the dynamic processes of dendritic patterning in developing brains (Sheng et al., 2018).

Dendritic morphological defects have been found in patients with various neuropsychiatric disorders of developmental origin. While understanding how dendritic patterning defects cause connectivity and functional deficits is an important goal in its own right, such studies may also reveal how crucial aspects of dendritic development are constrained by functional requirements. Current connectome studies provide critical reference maps, and future advances might allow for complete analysis of synaptic circuits in mutant brains. Nonetheless, recent studies using light microscopic techniques, including the activity-dependent GRASP (GFP reconstitution across synaptic partners) method, have already begun to uncover connectivity abnormalities associated with dendritic patterning defects, and functional studies using electrophysiology or functional imaging will likely follow suit. “Form ever follows functions,” the dictum of the famous architect, Louis Sullivan, provides a useful perspective for studying dendritic morphogenesis. By linking genes to connectivity and to functions, studies of dendritic development in the brain might reveal the logic of the greatest architect, nature.
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Dendrites undergo extensive growth and remodeling during their lifetime. Specification of neurites into dendrites is followed by their arborization, maturation, and functional integration into synaptic networks. Each of these distinct developmental processes is spatially and temporally controlled in an exquisite fashion. Protein kinases through their highly specific substrate phosphorylation regulate dendritic growth and plasticity. Perturbation of kinase function results in aberrant dendritic growth and synaptic function. Not surprisingly, kinase dysfunction is strongly associated with neurodevelopmental and psychiatric disorders. Herein, we review, (a) key kinase pathways that regulate dendrite structure, function and plasticity, (b) how aberrant kinase signaling contributes to dendritic dysfunction in neurological disorders and (c) emergent technologies that can be applied to dissect the role of protein kinases in dendritic structure and function.
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INTRODUCTION

Dendrites are specialized neuronal processes that receive and integrate synaptic or sensory input. While dendrites are extremely heterogeneous morphologically, dendrites of a certain neuron type generally exhibit stereotyped morphology (Jan and Jan, 2001). Dendrites are sculpted by intrinsic genetic programs, external cues, and patterns of neuronal activity during development (Cline, 2001; Jan and Jan, 2010). These factors together confer dendrites their type specific morphology, and ensure fidelity in forming synaptic connections. Owing to the critical role dendrites play in establishing neuronal connectivity, their dysfunction is strongly associated with several neurological disorders (Forrest et al., 2018). Over the last four decades, multiple molecular signaling pathways that mediate structural and functional development of dendrites have been identified. Protein kinases play a pivotal role in almost all aspects of dendritic development and function, while their dysregulation contributes extensively to disease states.

Kinases catalyze the transfer of a phosphate group from ATP molecule to hydroxyl group containing amino acids primarily serine, threonine and tyrosine on substrate proteins, in a process termed as phosphorylation (Cohen, 2002; Fabbro et al., 2015). Several characteristics make kinase signaling uniquely powerful and versatile: (1) Phosphorylation occurs in a highly specific yet reversible fashion. (2) Phosphorylation can affect substrates in distinct ways: such as induce a gain or loss of substrate activity, change substrate localization or interactome. (3) Kinases often act in cascades and are capable of remarkable signal integration and amplification that can be tuned to achieve a variety of responses (Cobb, 1999). (4) Kinases are highly druggable making them promising therapeutic targets (Cohen, 2002). Several protein kinases are genetically linked to neurological disorders. These include neurodevelopmental disorders such as autism spectrum disorder as well as neurodegenerative diseases such as Parkinson's disease, yet little is known about how dysfunction in kinase signaling leads to pathological states (Baltussen et al., 2017; Krahn et al., 2020). Phosphorylation mediated by kinases is countered by phosphatases, a large family of enzymes that catalytically remove phosphate groups from their substrates (Barford et al., 1998; Peng and Maller, 2010). Phosphatases are divided into subfamilies of serine/threonine and tyrosine phosphatases, and dysfunction of these enzymes is associated with several diseases (Tonks, 2006). Activity of phosphatases is tightly regulated by diverse mechanisms that include binding with inhibitory proteins, direct oxidation, and kinase mediated phosphorylation (den Hertog, 2003). Thus, the true phosphorylation status of a protein in time and space is determined by the opposing action of protein kinases and phosphatases.

Herein, we describe how kinase signaling exquisitely orchestrates each step of dendrite development, beginning at neurogenesis to its maturation into synaptic networks. Evidence for critical and causative role of kinase dysfunction in neurodevelopmental and degenerative disorders is presented. Finally, we detail the emergent technologies that will be instrumental in delineating kinase function in dendritic development and how kinase dysfunction leads to pathologies associated with neurological disorders.


Kinase Pathways That Regulate Dendrite Structure, Function and Plasticity

Before the inception of neurogenesis, the developing brain is comprised of polarized neuroepithelial cells that line the neural tube (Martin-Belmonte and Mostov, 2008; Taverna et al., 2014). Apical-basal polarity is established early in the developing brain, and is achieved through junctional complexes and polarized protein trafficking. These are regulated by kinase signaling through the conserved Par complex. The Par complex is comprised of scaffolding proteins Par3 and Par6, and the kinase atypical protein kinase C (aPKC) that together establish the apical-basal polarity (McCaffrey and Macara, 2012). The Rho GTPase Cdc42 targets and activates the Par complex at the apical membrane, which is separated from the basolateral membrane domain by adherens junctions. In the mammalian neocortex, intrinsic neuroepithelial polarity set up by the Par complex asymmetrically orients the mitotic spindle, that remarkably, during cell cycle can give rise to asymmetric division (Rodríguez-Fraticelli et al., 2011; Lancaster and Knoblich, 2012). Radial glial cells arising from the asymmetrical division of polarized neuroepithelial cells can further differentiate into neural progenitor cells (NPCs) or neurons through asymmetrical division (Götz and Huttner, 2005). The arising NPCs further self-renew or undergo a terminal differentiation into neurons (Florio and Huttner, 2014). Radial glial cells retain the epithelial polarity set up by the Par complexes. Knockout of one of the isoforms of aPKC, aPKC-λ, in neuroepithelial cells and radial glial cells results in the loss of apical processes that cause disordered layering of the cortex, highlighting the role of aPKC in apical-basal polarity (Imai et al., 2006). Apically located Par complex promotes self-renewing of progenitors at the expense of neurogenic differentiation in the developing cerebral cortex (Costa et al., 2008; Sottocornola et al., 2010). While the Par complex proteins set up intrinsic polarity, extrinsic cues greatly affect neuronal polarity, migration and layer formation in brain development. Secreted factors such as reelin, semaphorins, and neurotrophic factors play important roles in instructing neuronal polarity and migration during early development, and are executed by distinct kinase pathways. We direct readers to in depth reviews detailing how these extrinsic cues and growth factors regulate early brain development (Huang and Reichardt, 2001; Yazdani and Terman, 2006; Jossin, 2020). Here we will focus primarily on the kinase signaling pathways important for dendritic growth, structure and functional maturation.



Dendritic Arborization: Kinases That Regulate Dendritic Growth, Branching, and Tiling

Most newly generated mammalian neurons migrate from the site of neurogenesis to their final destination where they are integrated into neural networks. It is during this migration process that they acquire axon-dendrite polarity (Polleux and Snider, 2010). Some neurons, such as retinal ganglion cells, acquire the polarity of the progenitors from which they arise. Others, such as cortical pyramidal neurons, consolidate multiple extended neurites into one leading and one lagging neurite that gives rise to axo-dendritic polarity (Barnes and Polleux, 2009; Polleux and Snider, 2010). On reaching their final destination, neurons extend their dendrites through growth, dendrites scale in size with organism development, and mature in an exquisitely controlled fashion. Control of dendritic development in response to neuronal activity and neurotrophic factors is mediated by kinases, which play an instrumental role in regulating dendritic size and maturation to form synaptic contacts (Figures 1A–D).


[image: Figure 1]
FIGURE 1. Kinase pathways mediate dendritic morphogenesis and maturation. (A) Immature dendritic neurites undergo expansive growth and branching during early development. The PI3K-Akt-mTor kinase and Hippo pathway are critical for growth. Activity dependent growth is primarily mediated by Ca+2 influx and downstream signaling by CaMK family members. (B) During arborization, dendrites of the same neuron avoid overlap through a principle known as self-avoidance, while neighboring neurons of the same type grow in well-defined territories. Kinases that mediate self-avoidance and dendritic tiling have been identified through screens in Drosophila peripheral sensory da neurons. (C) Most excitatory neurons on maturation form actin rich protrusions called dendritic spines that serve as sites of synapse formation. Several kinases that regulate the synaptic cytoskeleton are important regulators of spine formation in hippocampal and cortical neurons. (D) Calcium influx through N-methyl D-aspartate (NMDA) receptors and voltage gated calcium channels (VGCC) activate CaMK kinases, which mediate spine morphogenesis and plasticity. Mutations in several kinases important for dendritic spine formation are associated with neuropsychiatric diseases.



Kinases as Biochemical Switches for Activity Dependent Dendritic Development

Neuronal activity during brain development profoundly impacts dendritic growth and retraction (Cline, 2001). Experiments where neuronal activity is manipulated such as in sensory deprivation (Wiesel and Hubel, 1963), pharmacological block of activity in Xenopus tadpoles (Rajan and Cline, 1998), or enhanced environmental enrichment in rodents (Volkmar and Greenough, 1972), induces dramatic alteration in both dendritic development and its structural complexity. Calcium influx in response to neuronal activity leads to kinase activation, providing the biochemical signal that mediates activity dependent dendritic growth dynamics (Ghosh and Greenberg, 1995). Calcium enters through glutamate receptor NMDA or voltage gated calcium channels (VGCC) and is sequestered by the calcium binding protein, calmodulin. In the Ca+2 bound state, calmodulin binds calcium/calmodulin-dependent protein kinases (CaMK), which then undergo autophosphorylation mediated activation. Several CaMKs have been implicated in dendritic development, and these act either via local effects or though transcriptional changes (Redmond and Ghosh, 2005). CaMKII has been extensively studied, most famously in relation to dendrite development and synaptic long-term potentiation. Two isoforms of CaMKII are expressed in the brain, CaMKIIα and CaMKIIβ, which each mediate distinct roles in dendrite development in hippocampal neurons, primarily on account of their differential ability to associate with actin (Shen et al., 1998). CaMKIIα expression in tectal neurons in tadpoles was found to stabilize dendritic arbors, as premature expression of CaMKIIα causes dendrites to slow their growth rate to that of more mature neurons. Conversely, blocking endogenous CaMKII maintains neurons in their rapid growth phase, such that dendritic arbors grow larger than normal (Wu et al., 1999; Zou and Cline, 1999). CaMKIIβ, on the other hand promotes actin polymerization, thereby increasing filopodial extension and growth of fine dendrites in rat hippocampal neurons (Fink et al., 2003). Another member of the CaM kinase family CaMKIV, is also crucial for activity dependent dendritic growth. Blocking CaMKIV signaling reduces calcium-induced dendritic growth, while expression of an activated form of CaMKIV in rat cortical neurons mimics the dendrite growth induced by calcium influx (Redmond et al., 2002). CaMKIV is enriched in the nucleus and its effect on dendrite growth is primarily mediated through transcriptional changes. Interfering with activity of transcriptional targets of CaMKIV blocks the ability of active CaMKIV to induce dendrite growth (Redmond and Ghosh, 2005). Importantly, activity induced changes in dendritic growth mediated by CaMKs are developmentally regulated. While the peak expression of CaMKIIβ and CaMKIV coincides with the period of maximal dendritic growth of cortical neurons in rodents, highest expression of CamKIIα occurs later during dendritic maturation when the arbor is elaborated (Cline, 2001; Wong and Ghosh, 2002; Redmond and Ghosh, 2005). Another kinase pathway activated in response of neuronal activity is Ras-MAPK signaling (Konur and Ghosh, 2005). In rat hippocampal pyramidal neurons, persistent dual phosphorylation of ERK1/2 (MAPKs) in response to calcium influx and Ras signaling is important for local cytoskeletal effects and transcriptional changes that lead to dendritic remodeling (Wu et al., 2001). One key protein important for dendritic growth is MAP2 (microtubule associated protein 2), which is phosphorylated by MAPK kinases in response to neuronal activity (Vaillant et al., 2002). In rat cortical neurons, both CaM kinases and Ras/MAPK signaling can regulate gene transcription in response to neuronal activity. This is mediated by phosphorylation of transcription factors, cAMP response element binding protein (CREB), calcium-responsive transactivator (CREST), LMO4 and NeuroD2 (Redmond et al., 2002; Aizawa et al., 2004; Redmond and Ghosh, 2005; Kashani et al., 2006). Both CREB and CREST bind the transcriptional coactivator, CREB binding protein (CBP) on phosphorylation, although the mechanisms by which transcription regulates dendritic growth are not well-understood (Aizawa et al., 2004). Many cytoplasmic and secreted proteins whose expression increases after activity have been identified. Some of these have shown clear and essential function in modulating dendrite and spine morphology such as candidate plasticity gene-15 (cpg15) (Nedivi et al., 1998), Arc (Peebles et al., 2010), Homer (Sala et al., 2001), and brain-derived neurotrophic factor (BDNF) (Lom and Cohen-Cory, 1999). Other than kinases belonging to the CaM kinase and MAP kinase families, cyclin dependent kinase 5 (CDK5) kinase is translocated to the nucleus in an activity dependent manner in hippocampal neurons where it regulates the transcription of BDNF by phosphorylating the transcriptional repressor MeCP2 (Cheung et al., 2007). It is likely that a quantitative and comprehensive analysis of activity induced kinases might reveal yet unidentified pathways that regulate activity dependent dendritic development.



Kinase Signaling Mediate Dendritic Growth in Response to Neurotrophic Factors

Neurotrophins are secreted growth-promoting proteins that are essential for dendritic development both in peripheral and central nervous system (CNS). The four neutotrophins, nerve growth factor (NGF), brain derived growth factor (BDNF) and neurotrophins 3 and 4 (NT-3, NT-4) signal by binding and activating their receptors, which are members of the tropomyosin receptor kinases (Trk) and the structurally unrelated p75 neurotrophin receptor (Huang and Reichardt, 2001). Trk proteins are receptor tyrosine kinases that dimerize and transactivate on binding their respective neurotrophin ligand. In the mouse CNS, neurotrophins regulate the dendritic growth of pyramidal neurons in the developing neocortex (McAllister et al., 1995). Each of the four neurotrophins rapidly increases the length and complexity of dendrites of cortical pyramidal neurons when applied exogenously (McAllister et al., 1995). Experiments involving Trk “receptor bodies,” which are fusion proteins of the ligand-binding domains of each Trk receptor and the Fc domain of human IgG, clearly demonstrate that removing endogenous neurotrophins has dramatic consequences for the dendritic growth of pyramidal neurons in developing cortex (Shelton et al., 1995; McAllister et al., 1997). Consistent with the results of adding exogenous factors, endogenous BDNF is required for the growth and maintenance of dendritic arbors of layer 4 neurons whereas endogenous NT-3 is required for the growth and maintenance of dendritic arbors of layer 6 neurons. The distribution of receptors and secreted neurotrophin is exquisitely regulated. Not only do neurons in each cortical layer respond to subsets of neurotrophins, but also within a single cortical layer, each neurotrophin elicits a unique pattern of dendritic changes. Further, there are distinct changes in apical vs. basal dendrites evident at the individual neuron level (Horch and Katz, 2002). This precise level of neuronal and dendritic specificity suggests that neurotrophins do not simply enhance neuronal growth but, rather, act instructively to modulate particular patterns of dendritic arborization (McAllister, 2000). Another level of kinase regulation is added by Cdk5, which phosphorylates TrkB at the intracellular juxtamembrane region. In hippocampal cultures, reducing Cdk5 activity or expression of a TrkB mutant lacking the Cdk5 phosphorylation site abolishes BDNF triggered dendritic growth (Cheung et al., 2007). Thus, kinases act as both a signal detector (neurotrophin factors or calcium influx) and a biochemical switch (phosphorylation state) that turn on in response to stimuli and play critical roles in dendritic growth and remodeling (Figure 1A).



Kinase Signaling That Control Dendritic Growth, Tiling and Self-Avoidance

The phosphoinositide-3 kinase (PI3K)–Akt–mammalian target of rapamycin (mTOR) signaling pathway promotes dendritic growth and branching through upregulation of protein and lipid synthesis. The lipid kinase PI3K signals through AKT and is inhibited by phosphatase, Phosphatase and Tensin homolog deleted on chromosome Ten (PTEN). In neurons, mTOR senses and integrates nutrient and growth factor availability through extracellular signals such as BDNF, insulin, insulin-like growth factor 1 (IGF1), vascular endothelial growth factor (VEGF), ciliary neurotrophic factor (CNTF) and glutamate, to mediate neuronal proliferation, dendritic growth and synaptic function (Lipton and Sahin, 2014). Constitutively active Ras, PI3K, and Akt that activate the mTOR kinase induce growth and elaboration of dendrites in cultured hippocampal neurons. In these neurons, this effect can be potently blocked by mTOR inhibitor rapamycin or activation of PTEN that counteracts the action of lipid kinase PI3K (Jaworski et al., 2005). Loss of upstream regulators of mTOR either TSC1/2 or lipid phosphatase PTEN, result in structural neuronal defects. PTEN null mutant mice exhibit dendritic hypertrophy and macrocephaly (Kwon et al., 2003; Lugo et al., 2014). Loss of TSC1/2 increased size of both neuronal somata and dendritic arbors (Tavazoie et al., 2005). Conversely, dendritic complexity is reduced by inhibition of PI3K, knockdown of mTOR, or its effector p70 ribosomal S6 kinase that upregulates protein synthesis. MTOR is composed of two complexes mTORC1 and mTORC2. These share the mTOR kinase but comprise other distinct proteins such as Raptor and Rictor, respectively, that make the two complexes functionally distinct (Hoeffer and Klann, 2010). Both mTORC1 and mTORC2 are integral to the proper formation of dendrites and their arbor. Knockdown of their essential components Raptor and Rictor in rat hippocampal and cortical neurons inhibits dendritic growth (Urbanska et al., 2012).

The conserved Hippo kinase signaling pathway plays an important role in dendritic growth, tiling and function (Jan and Jan, 2010). Hippo is a conserved serine/threonine kinase of the Ste family, that is important for dendritic growth in Drosophila peripheral sensory neurons (Emoto et al., 2006). Hippo kinase mediates dendritic arbor growth and maintenance through the action of downstream kinase Wts. The mammalian homolog of hippo are MST1/2 kinases, which phosphorylates and activates kinases involved in cytoskeletal modulation including Ndr1/2 (nuclear Dbf2-related) kinases and Lats1/2 (large tumor suppressor 1/2) kinases (Emoto, 2011). In Drosophila and C. elegans sensory neurons, Ndr kinase is required for dendrite branching where it likely promotes neurite outgrowth and branching through Rho family GTPase (Emoto, 2011). Mammalian Ndr1/2 kinases analogous to the roles of their fly homolog Trc, limit dendrite branching and length in hippocampal primary cultures and in vivo (Ultanir et al., 2012). The ability of Ndr kinases to limit dendritic branching is mediated by its direct substrate Aak1 kinase which is a downstream substrate implicated in regulation of intracellular trafficking (Ultanir et al., 2012). In hippocampal neuron cultures, Ndr2 kinase was shown to regulate dendritic growth through phosphorylation of integrins, its subsequent translocation to the neurite tips where it facilitate neurite extension (Rehberg et al., 2014). The Tao family of Ste kinases are regulators of Hippo kinases signaling (Poon et al., 2011; Huang et al., 2014). The mammalian Tao kinase, Taok2, is a serine-threonine kinase that specifically regulates the development of basal, but not apical, dendrites in cortical pyramidal neurons (de Anda et al., 2012). The secreted guidance molecule Semaphorin3a activates its receptor Neuropilin, which in turn binds Taok2 and regulates Jnk kinase signaling development of basal dendrites (de Anda et al., 2012). Taok2 associates with microtubules (Mitsopoulos et al., 2003), as well as mediates septin phosphorylation (Yadav et al., 2017). Mechanistically, how interaction of Taok2 with various cytoskeletal elements contributes to its role in dendritic development is not well-understood.

Elaboration of the dendritic arbor through growth and branching is fine-tuned by mechanisms of self-avoidance and tiling, which prevent redundancy and increase efficient use of receptive field (Figure 1B). Dendrites avoid overlapping with other dendrites of the same neuron in a process known as self-avoidance, well-studied in Drosophila (Grueber et al., 2003; Jan and Jan, 2010). Dendrite self-avoidance is important in order to prevent self-crossing of dendrites, clumping of dendrites as well as to maximize the receptive field. In Purkinje cells, the liver kinase B1 (Lkb1) is developmentally expressed in the dendrites. Depletion of Lkb1 in these neurons results in increased dendritic crossing (Kuwako and Okano, 2018). Exogenous expression of salt inducible kinase 1 (Sik1), a downstream target of Lkb1 kinase is able to rescue self-crossing defects through regulation of the guidance cue receptor Robo2 (Kuwako and Okano, 2018), these data suggest that the Lkb1-Sik1 kinase pathways is required for dendritic self-avoidance in cerebellar Purkinje neurons. Dendritic tiling ensures that dendrites of different neurons of the same type avoid each other (Grueber and Sagasti, 2010; Jan and Jan, 2010). Dendritic tiling has been best studied in the Drosophila peripheral sensory da neurons and in retinal ganglion cells. In flies, loss of either the serine/threonine kinase, Tricornered (Trc), or Furry (Fry), a protein required for Trc kinase activity, leads to sensory neurons that produce excessive numbers of dendritic branches, which fail to tile normally (Emoto et al., 2004).




Regulation of Dendritic Spine and Synapse Development by Kinases

Dendritic spines are actin-rich protrusions on the dendritic membrane of most excitatory neurons. Early in development, thin actin filopodia extend from dendritic branches, which then mature into stable mushroom shaped spines likely on contact with the axonal membrane (Matus, 2000; Yuste and Bonhoeffer, 2004). However, spines retain remarkable structural plasticity even after development, and on exposure to the right stimuli can extensively retract, morph or become larger (Hering and Sheng, 2001). Spines are enriched in F-actin that contributes greatly to their structure and plasticity (Hotulainen and Hoogenraad, 2010). Repetitive firing of synapses, such as that which occurs during high-frequency synaptic stimulation of hippocampal neurons (long term potentiation), leads to an increase in F-actin which causes the spine to enlarge (Okamoto et al., 2004). Conversely, in long-term depression, decrease in F-actin/G-actin ratio causes dendritic spine shrinkage (Zhou et al., 2004). In addition to actin, other cytoskeletal elements such as septin and microtubules regulate dendritic spines structure. In cortical and hippocampal neurons, septin proteins mark the site of dendritic filopodia extension, and are important for dendritic spine stability (Xie et al., 2007; Ewers et al., 2014; Yadav et al., 2017). Interestingly, transient entry of microtubules into dendritic spines of hippocampal neurons regulates actin dynamics and spine morphology (Jaworski et al., 2009). It is therefore, not surprising, that several kinases (Figure 1C) and GTPases that regulate actin, septin and microtubule dynamics are implicated in spine formation and its plasticity (Hotulainen and Hoogenraad, 2010; Lin and Koleske, 2010).

Several kinases modulate spinogenesis through regulation of the actin cytoskeleton (Figure 1D). In addition to their role in dendrite development (described above) the calcium/calmodulin-dependent protein kinase II (CaMKII) is important for dendritic spine formation. In hippocampal neurons, the two main neuronal CaMKII isoforms have distinct roles, while CaMKIIα regulates synaptic strength, the CaMKIIβ isoform controls dendritic spine morphology and synapse number via its ability to bundle actin filaments (Fink et al., 2003; Okamoto et al., 2007). Knock-in mice expressing kinase dead CaMKIIα, show impaired learning and memory as well as a loss of long-term potentiation (Yamagata et al., 2009). Neuronal activity or NMDA receptor activation regulates spine morphogenesis by mediating Ca2+ influx into postsynaptic neurons, which modulate the activity of many actin binding proteins, including CaMKIIβ (Lisman et al., 2002). The dual specificity kinase Dyrk1a, negatively regulates filopodia and spine formation through phosphorylation of N-WASP, an actin filament assembly protein (Park et al., 2012). In cultured hippocampal neurons, N-WASP activates the actin branching protein Arp2/3, which is required for spine formation (Wegner et al., 2008). LIM-kinase1 (LIMK1) inhibits the activity of actin depolymerizing protein cofilin by phosphorylation (Yang et al., 1998) and hence affects dendritic spine morphology and synaptic function (Meng et al., 2002). LIM-Kinase1 (Limk1) functions as an actin destabilizer. Hippocampal neurons in Limk1 knockout mice exhibit aberrant spines and enhanced LTP (Meng et al., 2002). Another actin destabilizing kinase is PKC, several isoforms of which are enriched at the synapse. PKC phosphorylates myristoylated, alanine-rich C-kinase substrate (MARCKS) inhibiting its ability to cross link the actin cytoskeleton to membrane thereby destabilizing dendritic spines in hippocampal neurons (Calabrese and Halpain, 2005).

Receptor tyrosine kinases, notably Trk kinase and Eph/ephrin family members are important for dendritic spine formation. TrkB acts as a receptor for the neurotrophic factor BDNF and is crucial for neuronal plasticity such as structural remodeling associated with LTP (Huang et al., 2013). In rat hippocampal slices, BDNF stimulates activity of serine/threonine kinase p21 activated kinase (Pak), which inactivates cofilin through phosphorylation causing increase in spine size and stability. TrkB also activates Ras GTPase inducing spine enlargement and stability (Yasuda et al., 2006). Eph receptors expressed on dendrites are activated by ephrins on opposing membranes such as axonal/glial. Signaling through these receptors regulate dendritic spine and synapse formation or activity-induced LTP in hippocampal cultured neurons (Klein, 2009). Activation of Eph receptors leads to tyrosine phosphorylation of target molecules, such as proteoglycan syndecan-2, which clusters them at the postsynapse promoting spine maturation (Ethell et al., 2001). Activation of EphB on binding EphrinB leads to the receptor interaction with NMDA receptors and subsequent synaptic targeting of NMDA receptors (Dalva et al., 2000; Nolt et al., 2011). Further, Eph receptors also mediate structural changes in dendritic spines. Optogenetic local activation of expressed OptoEphb2 in dendrites led to rapid actin polymerization causing filopodial growth. While inhibition of Rac1 and Cdc42 did not abolish OptoEphB2-induced actin polymerization, Abelson tyrosine-protein kinase 2 (Abl2/Arg) were found to be downstream effector of filopodia growth in dendrites (Locke et al., 2018). Hippocampal neurons derived from EphB1/B2/B3 receptor triple knockout mice are unable to form mature dendritic spines (Henkemeyer et al., 2003), consistent with the essential role of Eph tyrosine kinases in spinogenesis. Another pathway that contributes to EphB2-mediated dendritic spine stabilization is FAK kinase that activates RhoA-ROCK-LIMK-1 pathway to suppress cofilin activity and remodel dendritic spines (Shi et al., 2009; Koleske, 2013).

In addition to actin, the septin cytoskeleton plays essential roles in dendritic spine morphogenesis (Figure 1D). Septin7 localizes to the base of dendritic spines at the spine neck and is required for spine formation (Tada et al., 2007; Xie et al., 2007) and spine stability (Ewers et al., 2014) in both hippocampal and cortical neurons. The serine/threonine kinase TAOK2 directly phosphorylates Septin7 at an evolutionarily conserved residue. In cultured hippocampal neurons, phosphorylation at its C-terminal tail promotes septin7 translocation from the base of the dendritic spine to spine head, where it associates and stabilizes the synaptic scaffold protein PSD95 (Yadav et al., 2017). TAOK2 depletion or expression of phospho-dead Septin7 leads to exuberant filopodial extension and inhibits spine maturation (Yadav et al., 2017).



Aberrant Kinase Signaling Contributes to Dendritic Dysfunction in Neurological Disorders

Structural and functional dendritic defects are strongly associated with several neurodevelopmental and psychiatric disorders including autism spectrum disorder, schizophrenia, and Down syndrome (Raymond et al., 1996; Kulkarni and Firestein, 2012). Homeostatic balance between dendritic stability and instability is perturbed during neurodegenerative diseases or injury insults such as stroke. Most neurodegenerative diseases lead to dystrophy of dendrites and synapses, with some evidence suggesting that synaptic dysfunction precedes axonal degeneration (Gan et al., 2018). The evidence implicating kinase pathways in neurological disorders, and the potential mechanisms through which mutations in these kinase pathways contribute to disease are outlined below (Table 1).


Table 1. Kinase signaling pathways implicated in neurological diseases and their role in dendrite development.
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Autism Spectrum Disorder

Autism spectrum disorder (ASD) is a neurodevelopmental disorder with a strong genetic basis, and is defined by deficits in social communication, language development as well as repeated behaviors (Geschwind and Levitt, 2007). Several kinases have been genetically associated with autism spectrum disorders. DYRK1A has one of strongest genetic association with ASD (De Rubeis et al., 2014; Iossifov et al., 2014). The encoded protein DYRK1a is a dual-specificity tyrosine phosphorylation-regulated serine/threonine kinase. Several ASD associated variants of DYRK1A affect its kinase function causing either loss or gain of kinase activity. Mouse hippocampal neurons transfected with these variants show defects in neuronal development including in dendritic outgrowth and dendritic spine density (Dang et al., 2018). Further overexpression of these pathogenic variants in developing mice embryos perturb neuronal migration in vivo (Dang et al., 2018). DYRK1A mutations lead to syndromic form of autism and intellectual disability with many shared features. DYRK1A is affected in 21q22 microdeletion in human, and is associated with growth retardation, primary microcephaly, facial dysmorphism, seizures, ataxic gait, absent speech and intellectual disability (Møller et al., 2008; Courcet et al., 2012; Ji et al., 2015; van Bon et al., 2016).

Aberrant signaling through the PI3K/AKT/mTOR pathway is associated with ASD (Winden et al., 2018). A range of structural brain abnormalities are associated with mutations in the mTOR pathway. Activating mutations in PI3K/AKT/mTOR pathway result in megalencephalies and hemimegalencephalies associated with ASD (Jansen et al., 2015). Mutations in PTEN are linked to macrocephaly and ASD (Butler et al., 2005). Pten knockout mice exhibit enlarged dendritic arbors and neuronal soma and exhibit autism-like behavior (Lugo et al., 2014). Mutations in genes involved in the mTOR signaling pathway have been identified in some cases of syndromic ASD (Mirzaa et al., 2016). While mutations that inhibit mTOR are associated with microcephaly, hyperactive mTOR signaling is associated with monogenic ASD. Inhibition of mTOR signaling is a potential pharmacotherapy for ASD (Sato, 2016).

TAOK2 is an autism susceptibility gene encoding a serine/threonine kinase. De novo mutations in TAOK2 have been found in ASD patients (Richter et al., 2018). TAOK2 is one of the two kinases within the 16p11.2 gene locus, a region prone to copy number variations (CNV) associated with ASD and schizophrenia (Kumar et al., 2008; Weiss et al., 2008; McCarthy et al., 2009). ASD patients with 16p11.2 CNV exhibit a strong correlation between TAOK2 expression and head circumference (Luo et al., 2012). Further, Taok2 knockout mice exhibit increased total brain volume compared to wildtype (Richter et al., 2018), suggesting that perturbation in TAOK2 gene dosage might contribute to reciprocal brain size difference associated with the 16p11.2 CNV. However, mechanisms of whether and how TAOK2 might affect brain size have not been elucidated. TAOK2 kinase regulates the microtubule cytoskeleton (Moore et al., 2000; Mitsopoulos et al., 2003), septin cytoskeleton (Yadav et al., 2017) and RhoA signaling (de Anda et al., 2012). It is likely that many of these signaling pathways converge to mediate structural changes in the brain. In cultured hippocampal neurons, depletion or expression of kinase dead TAOK2 results in a loss of mature mushroom-shaped spines (Ultanir et al., 2014; Yadav et al., 2017; Richter et al., 2018), increased shaft synapses (Yadav et al., 2017). Further in cortical neurons, TAOK2 is required for proper basal dendrite development (de Anda et al., 2012). Interestingly, de novo mutations in another member of the TAO family, TAOK1, are associated with neurodevelopmental delay (Dulovic-Mahlow et al., 2019).

Additional kinases associated with ASD are MET, CaMKII and the PAK kinases. MET is associated with ASD and encodes a receptor tyrosine kinase MET (Campbell et al., 2007; Thanseem et al., 2010). Loss or gain of function of Met leads to opposing changes in dendritic complexity, spine morphogenesis, and timing of glutamatergic synapse maturation in CA1 hippocampal neurons (Qiu et al., 2014). De novo mutations in CAMK2A and CAMK2B are associated with autism, intellectual disability and neurodevelopmental disorders (Küry et al., 2017; Akita et al., 2018; Chiocchetti et al., 2018). De novo mutation in the CaMKIIα catalytic domain (E183V) was identified in a ASD proband (Stephenson et al., 2017). In cultured hippocampal neurons, the E183V mutation reduces CaMKIIα targeting to dendritic spines, increases dendritic arborization and decreases dendritic spine density. Mice with a knock-in CaMKIIα-E183V mutation display aberrant behavioral phenotypes, including hyperactivity, social interaction deficits, and increased repetitive behavior (Stephenson et al., 2017). Characterization of 19 rare de novo CAMK2A or CAMK2B variants identified in individuals with intellectual disability revealed that mutations that decreased or increased CAMKII autophosphorylation at Thr286/Thr287 also affected neuronal migration (Küry et al., 2017). PAK1 and PAK2 kinases are associated with autism and neurodevelopmental delay (Harms et al., 2018; Horn et al., 2019; Kernohan et al., 2019). PAK1 mutations in patients with intellectual disability are located within or proximal to the autoinhibitory switch domain, suggesting a gain of function mechanism of disease (Harms et al., 2018). The Pak1/2 serine/threonine protein kinases regulate cell motility, cell cycle progression, apoptosis or proliferation through downstream GTPases Cdc42 and Rac1. PAK2 is encoded in the 3q29 genomic region, deletion of which can result in numerous neurodevelopmental defects including ASD (Quintero-Rivera et al., 2010). Haploinsufficiency of PAK2 in mice results in decreased spine density and synapse number in the hippocampus (Wang et al., 2018b). In addition to PAK1/2, mutations in PAK3 gene are associated with X-linked intellectual disability (Allen et al., 1998).



CDKL5 Syndrome

CDKL5 Syndrome is a rare X-linked genetic disorder that results in severe neurodevelopmental impairment, infantile seizures and intellectual disability (Weaving et al., 2004). Mutations in CDKL5 gene encoding a serine/threonine kinase is causative of the syndrome. The severity of the disease seems to depend on the site of mutation, where those in the kinase domain are more pathogenic (Bahi-Buisson et al., 2012). CDKL5 knockout mouse exhibit dendritic hypotrophy in granule cells of the hippocampus (Fuchs et al., 2014). Enhanced NMDAR signaling and circuit hyperexcitability were shown to underlie autistic-like features in mouse models of CDKL5 Syndrome (Tang et al., 2019). Recently, direct target substrates of CDKL5 in the brain were identified, which included microtubule regulators Microtubule Associated Protein 1S (MAP1S), Microtubule End Binding Protein 2 (EB2) and RhoGTPase activator ARHGEF2 (Baltussen et al., 2018). Importantly, hypophosphorylation of these targets were confirmed in vivo as well as in induced pluripotent stem cell (iPSC) derived neurons differentiated from CDKL5 patients, suggesting that these are physiologically relevant kinase and substrates. Further, this important study also identified the consensus sequence of CDKL5 phosphorylation as RPXpS motif (Baltussen et al., 2018), which will be useful for identification of other downstream substrates.



Schizophrenia

ULK4 is a rare susceptibility gene for schizophrenia (Lang et al., 2014; Tassano et al., 2018), a devastating neuropsychiatric disease with high heritability but few monogenetic associations. The ULK (UNC51-like) kinase family member ULK4 is classified as a pseudokinase, as it is catalytically inactive. While ULK can bind ATP molecules it does not have phosphotransfer activity (Khamrui et al., 2020). The expression of ULK4 is neuron-specific and developmentally regulated, and its depletion in mice leads to defects in neural proliferation, migration as well as reduced dendritic arborization of cortical neurons (Lang et al., 2016). Knockdown of Ulk4 disrupts the composition of microtubules by reducing tubulin acetylation. Targeted disruption of the Ulk4 in the cortex decreases the neural stem cell pool at birth, which significantly reduced cerebral cortex size in postnatal mice (Liu et al., 2016). The implications of these changes in pathogenesis of schizophrenia are unknown.



16p11.2 CNV Syndrome

Copy number variation (CNV) in the 16p11.2 genomic locus are strongly associated with neurodevelopmental disorders including ASD, schizophrenia, and structural brain changes (Kumar et al., 2008; Weiss et al., 2008; McCarthy et al., 2009; Qureshi et al., 2014; Owen et al., 2018). This genomic locus spans 29 annotated genes, two of which encode kinases: TAOK2 and MAPK3. Transcriptomic analysis of 16p11.2 CNV patients suggests there is a strong correlation between TAOK2 gene expression and head circumference (Luo et al., 2012). Further, TAOK2 knockout mice exhibit increased total brain volume compared to wildtype (Richter et al., 2018). Dissociated primary cortical neurons from 16p11.2 microduplication mice model show increased dendritic elaboration, which was rescued with ERK1 inhibitors (Blizinsky et al., 2016), suggesting increase in MAPK3 dosage might contribute to changes in brain structure and function. Paradoxically, ERK1 inhibition in 16p11.2 deletion also seems to rescue cortical defects in mice models. It is important to note that mouse models of 16p11.2 CNVs do not faithfully recapitulate the human condition in terms of structural brain changes (Portmann et al., 2014; Deshpande et al., 2017), and human relevant models of this CNV are needed to understand the mechanisms of many defects associated with these CNVs. Interestingly, TAOK2 and MAPK3, are the only two genes in this locus that have been independently associated with autism (Pinto et al., 2014; Richter et al., 2018).


Down Syndrome

Down Syndrome (DS) is a severe neurodevelopmental disorder caused by presence of an extra copy (or parts) of chromosome 21 (Dierssen, 2012). Postmortem analysis of neuronal morphology in DS patients showed increased complexity of dendritic arbors in early postnatal period followed by much reduced dendritic length and arborization in older children (Becker et al., 1986). Among the DS Critical genes, increased dosage of DYRK1A has been identified to play a crucial role in the disease pathology. Dyrk1a overexpression in mouse neocortex inhibits neural stem cell proliferation and leads to premature neuronal differentiation (Yabut et al., 2010). Overexpression of Dyrk1A leads to reduced dendritic arbor complexity and synaptogenesis in layer II/III pyramidal cells, indicating this kinase is a major contributor to the dendritic phenotypes in DS (Martinez de Lagran et al., 2012). Both the mammalian Dyrk1a and its Drosophila ortholog minibrain regulate dendritic morphogenesis through direct phosphorylation of β-tubulin which inhibits microtubule polymerization (Ori-McKenney et al., 2016).



Alzheimer's Disease

Alzheimer's disease (AD) is a progressive neurodegenerative disease that affects wide areas of the cerebral cortex and hippocampus. Human neuropathology data from AD patients suggests that dendritic abnormalities in AD are widespread and often are present in the early stages of disease. Dendritic abnormalities associated with AD include dystrophic dendrites, reduction in dendrite complexity, and loss of dendritic spines (Cochran et al., 2014). Hallmark features of AD include accumulation of extracellular insoluble forms of amyloid-β (Aβ) and intracellular aggregation of hyperphosphorylated microtubule associated protein tau in neurofibrillary tangles (Giacobini and Gold, 2013; Congdon and Sigurdsson, 2018). Aβ refers to peptides that are 38–43 amino acids in length, derived by the proteolytic cleavage of amyloid precursor protein (APP). Aβ is released into the extracellular matrix in oligomeric form where it is normally cleared by macrophages and microglia. Defects in efficient clearing of Aβ and certain oligomeric Aβ conformations lead to formation of fibrils that ultimately form amyloid plaques (Ittner and Ittner, 2018). Plaques induce neurotoxicity through numerous pathways, including through recruitment of the microtubule binding proteins tau (Masters et al., 2015). Experiments in hippocampal neurons show that Aβ oligomers accumulate at synapses, inducing clustering and dysfunction of metabotropic glutamate receptors (Renner et al., 2010). Exposure to Aβ oligomers disrupts polarized trafficking causing mis-sorting of axonal proteins including tau into somatodendritic compartment. Defects in axonal trafficking of tau promotes axonal degeneration and corresponding decrease in synaptic inputs (Zempel et al., 2010). Further, missorted tau in dendrites induces tubulin polyglutamylation which recruits the microtubule severing protein spastin, ultimately leading to dendritic dystrophy (Zempel et al., 2013). Of note, disease modifying treatments targeting Aβ, have so far failed in clinical trials. Recent evidence suggests that amyloid deposition is not strongly correlated with cognition in multivariate analyses. Hyperphosphorylated tau, as well as synaptic and neuronal loss are, however, associated with memory deficits (Giacobini and Gold, 2013). AD is associated with high amount of hyperphosphorylated tau. Tau contains 77 potential serine/threonine and 4 tyrosine phosphorylation sites clustered in the proline-rich region and the tail domain adjacent to the microtubule targeting domains (Noble et al., 2013) Tau hyperphosphorylation decreases its binding to microtubules. As tau becomes progressively hyperphosphorylated, deficits in molecular chaperones and degradation contribute to tau oligomerization and paired helical filament formation, ultimately forming neurofibrillary tangles (Iqbal et al., 2016; Ittner and Ittner, 2018). Emergent evidence suggests that AD is a synaptopathy (Li et al., 2018). Synaptic dysfunction due to pathogenic Aβ oligomers and tau pathology is one of the earliest signs of disease, preceding synaptic loss and neurodegeneration (Selkoe, 2002; Hoover et al., 2010; DeVos et al., 2018). In addition to its axonal role, tau plays a dendritic function important for postsynaptic targeting of Fyn kinase, a modulator of NMDA receptor activity. Tau KO mice exhibit disrupted postsynaptic targeting of Fyn, which reverses the excitotoxicity caused by NMDA receptor dysfunction due to Aβ toxicity (Ittner et al., 2010). In addition to Fyn kinase, dysfunction in several kinase pathways have been implicated in AD. Overactivation of Gsk3β (Lauretti et al., 2020) and Dyrk1a (Coutadeur et al., 2015) has been independently shown to increase tau phosphorylation as well as Aβ production. Overactivated TAOK2 kinase was found in the neurofibrillary tangles in AD postmortem brain (Tavares et al., 2013), and its inhibition reduces tau phosphorylation in cellular models (Giacomini et al., 2018). Another important kinase pathway that has emerged in AD is the Cdk5. Deregulation of Cdk5 by overexpression of its activator p25 triggers progressive neurodegeneration and neurofibrillary tangle formation in mice (Cruz and Tsai, 2004). In addition to its effect on microtubule stability and synaptic function, hyperphosphorylated tau promotes Aβ toxicity mediated neuropathology (Ittner et al., 2010; Mairet-Coello et al., 2013), hence targeting tau hyperphosphorylation might prove to be a viable therapeutic strategy for AD. Several small molecule inhibitors targeting kinases that phosphorylate tau are currently in clinical trial for AD (Table 2) (Tell and Hilgeroth, 2013; Krahn et al., 2020).


Table 2. Kinase inhibitors in clinical trials for the treatment of neurological disorders.
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Parkinson's Disease

Parkinson's disease (PD) is pathologically defined by the neurodegeneration of dopaminergic neurons of the substantia nigra, and is characterized by the presence of cytoplasmic inclusions composed of α-synuclein protein aggregates called Lewy bodies (Poewe et al., 2017). Some of the strongest disease associated genes in Parkinson's disease encode for kinases; LRRK2 and PINK1. Mutations in leucine-rich repeat kinase 2 (LRRK2) underlie an autosomal-dominant, inherited form of PD. The PD-associated LRRK2 mutations display disinhibited kinase activity and induce a progressive reduction in dendrite length and branching in primary cortical cultures and in vivo mouse models (MacLeod et al., 2006). Increased LRRK2 kinase activity was observed in idiopathic PD, and in neurons exposed to mitochondrial toxins, suggesting that LRRK2 kinase activity might have a broader role in PD pathogenesis (Di Maio et al., 2018). Small-molecule LRRK2 kinase inhibitors have shown promise in preclinical models of PD, and has brought LRRK2 to the forefront of disease modifying efforts in PD (Tolosa et al., 2020). Homozygous loss of function mutations in PTEN-induced kinase 1 (PINK1) are associated with early onset PD (Valente et al., 2004). PINK1 encodes a serine/threonine kinase that acts as a sensor for mitochondrial health. In healthy mitochondria, PINK1 is targeted to mitochondria where it is rapidly degraded. In unhealthy membrane potential (ΔΨm)-deficient mitochondria, however, PINK1 accumulates and recruits an E3-ubiquitin ligase Parkin, which in turn initiates mitophagy (Okatsu et al., 2012). Loss of function PD associated PINK1 mutations perturb normal neuronal mitophagy, and accumulated damaged mitochondria in neurons lead to disease pathology. In mouse primary cortical and midbrain dopaminergic neurons, PINK1 kinase activity was found to promote dendritic arborization and its depletion resulted in shortened dendritic length (Dagda et al., 2014). While mechanisms through which PINK1 might regulate dendritic length are not well elucidated, there is some indication that control of mitochondrial motility and trafficking within dendrites by PINK1 could contribute to its dendritic role (Banerjee et al., 2017).




Technologies to Dissect Kinase Signaling in Dendritic Structure and Function

Kinase signaling occurs in a spatiotemporally precise fashion, however, traditional biochemical tools do not provide information on when and where kinase activation occurs during neuronal development. A major challenge in understanding kinase function is the identification of direct substrates of the kinase of interest (KOI).


Kinase Sensors and Optokinases

A key method for studying temporal and spatial kinetics of kinase signaling is the use of kinase sensors (Figure 2A). Fundamentally, kinase sensors are comprised of two parts, a sensing unit, which is sensitive to a phosphorylation event on substrate and a reporting unit to indicate the phosphorylation state (Oldach and Zhang, 2014). Fluorescent kinase sensors work in three ways (Turk, 2005). FRET kinase sensors rely on Förster resonance energy transfer (FRET) between a fluorophore donor attached to a peptide designed to harbor the kinase specific phosphorylation site, and an acceptor fluorophore bound phospho-peptide binding motif (Sato et al., 2002). The phosphopeptide sensing motif interacts with the phosphorylated peptide, bringing donor and acceptor fluorophores together achieving resonant fluorescence that can be visualized through microscopy. Environmentally sensitive kinase sensors utilize a phosphorylation sequence peptide conjugated to a fluorophore that shifts wavelengths or intensity when in close proximity to phosphate (Yeh et al., 2002; Sharma et al., 2008). Chelation sensitive sensors use fluorophores sensitive to Mg2+ concentrations found in the ATP binding site of the kinase, paired with a phosphopeptide (Shults and Imperiali, 2003). Activation of ERK, PKA, and CaMKIIα in single dendritic spines during LTP has been studied using FRET based kinase sensors (Tang and Yasuda, 2017). Optogenetic regulation of kinases enables fast, reversible, and non-invasive manipulation of protein kinase activities providing exquisite control on regulation by bypassing upstream factors like growth factors, protein kinase inhibitors or chemical crosslinker that induce changes in kinase activity (Leopold et al., 2018). Design of opto-kinases is based on the plant photoreceptor domain light, oxygen, or voltage (LOV) or photoswitchable caging using Dronpa fluorophore. The light, oxygen, or voltage (LOV) domains are the sites for initial photochemistry in blue light photoreceptors in plant flavoprotein kinases, which have inspired creation of light activated kinases (Crosson and Moffat, 2002). LOV domains can be used to drive light mediated homodimerization of engineered tyrosine kinase domain thereby leading to their activation. The dimeric protein, pdDronpa, dissociates in cyan light and reassembles in violet light (Zhou et al., 2017). Switchable kinases have been designed by attaching two pdDronpa domains in the kinase domain thereby caging the kinase. When Dronpa dimers dissociate in cyan light it allows the kinase domains to come together to get activated, which can be rapidly shut down with violet light. Dronpa based photo-switchable (ps) psRaf1, psMEK1, psMEK2, and psCDK5 kinases were recently designed to uncover a direct and rapid inhibitory feedback loop from ERK to MEK1. Dronpa-kinases were also shown to work in vivo where they could acutely regulate synaptic vesicle transport (Zhou et al., 2017). Challenges such as low dynamic range, low signal to noise ratio, applicability to in vivo studies and control of expression level are some of the difficulties in design of useful kinase sensors (Oldach and Zhang, 2014). Iterative sensor optimization combined with improvements in imaging capabilities will further expand the scope of kinase sensors in understanding dendritic development and function.
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FIGURE 2. Emergent technologies to investigate kinase pathways. (A) FRET-based kinase sensors are comprised of kinase specific phosphopeptide sequence and a phosphopeptide binding motif. (B) Analog-sensitive kinases are an important tool for direct substrate identification through covalent capture of phosphopeptides and mass spectrometry. (C) Stable isotope labeling of amino acids in culture (SILAC), is a versatile metabolic labeling proteomic technique that can be applied to study the effect of kinase inhibitors on neuronal growth by quantifying changes in proteome. Kino-beads can be employed for profiling the neuronal kinome in healthy and disease states. (D) Human iPSCs have been used to model neurological diseases associated with kinase genes.





Kinase Substrate Identification

Cascades of protein phosphorylation downstream of kinase activation make precise identification of direct substrates difficult. A breakthrough in this field was the development of a technique that enables covalent capture of analog-sensitive kinase substrates (Figure 2B). This technique involves genetic engineering of the KOI to allow for utilization of bulkier ATPγS analogs. Thiophosphorylated proteins that represent direct substrates of KOI are covalently captured by thiol-reactive iodoacetyl agarose beads, and identified by mass spectrometry (Blethrow et al., 2008). As this method also yields the site of phosphorylation on the identified substrate, validation of substrate identity can be easily performed by point mutation of these sites in downstream biochemical assays. This method has been used for identification of direct targets of several kinases that play key role in dendrite morphogenesis including Cdkl5 (Baltussen et al., 2018), Taok2 (Yadav et al., 2017), and Hippo kinase members (Ultanir et al., 2012, 2014). Biological function of KOI and validated substrates can then be inferred through independent methods such as purified in vitro kinase assays and rescue of biological phenotypes with phosphomimetic substrates. An innovative application of this method was the finding that certain kinases such as PINK1, can utilize artificial ATP analogs (kinetin triphosphate), more efficiently than ATP, enhancing kinase activity of wild type as well as rescuing effects of low activity PD associated PINK1 mutant (Hertz et al., 2013). A limitation of this technique is that since phosphorylation reaction is performed in vitro in a cell or tissue lysate, the physiological context of kinase and substrate localization is lost. This can lead to false positive substrates, and therefore further validation of candidate substrates identified through this technique is essential.



SILAC

Stable isotope labeling by amino acids in cell culture (SILAC) is a metabolic labeling technique that can be used to incorporate amino acids carrying specific heavy and light isotopes of C and N, allowing for simultaneous identification and quantitation of complex protein mixtures (Ong et al., 2002). SILAC can be employed in neuronal cultures or in vivo animal models to detect changes in the proteomic landscape upon different genetic or pharmacological perturbations (Krüger et al., 2008; Spellman et al., 2008). Therefore, SILAC can be a powerful method to study kinase pathways during dendrite development or disease (Figure 2C). SILAC was utilized to identify novel interactors of Tao kinases on phosphorylation by upstream kinase Mst3, to reveal unique interaction with cytoskeletal motor protein MyosinVa (Ultanir et al., 2014). Fragile X Syndrome is caused by transcriptional silencing of Fmr1, which encodes a protein that regulates mRNA translation in neuronal dendrites. SILAC labeling revealed profound up- or down- regulation of proteins related to synaptic structure and morphogenesis, dendritic mRNA transport, and synaptic transmission in Fmr1 knockout mouse cortical synapses compared to wild type (Liao et al., 2008). Improvements in SILAC technologies include use of “spike in” SILAC that can be utilized to compare more than three distinct comparisons (Geiger et al., 2010). However, optimization of proper spike-in-standard can be time consuming and variable based on the sample type (Wang et al., 2018a).



Quantitative Phosphoproteomics

Quantitative phosphoproteomics has emerged as a powerful tool to perform unbiased and quantitative measurement of changes in signaling pathways in normal and diseased states (Hosp and Mann, 2017). Chemical labeling methods like tandem mass tag (TMT) or iTRAQ allow for multiplexing and are powerful when used with human tissue samples as labeling is performed in vitro after obtaining the tissue lysate (Glibert et al., 2015; Navarrete-Perea et al., 2018). Dendritic differentiation and maturation occur in distinct stages, and proteomic techniques can be applied to systematically delineate kinase pathways that mediate each of these processes. The developmental proteomic profile of cultured rat hippocampal neurons at different stages was recently mapped. Here, a combination of stable isotope labeling and high-resolution liquid chromatography-tandem mass spectrometry (LC-MS/MS) was utilized to detect extensive remodeling of the neuronal proteome, where one third of 4,500 proteins quantified were found to undergo 2-fold change in expression during neuronal differentiation (Frese et al., 2017). Phosphoproteomic techniques are especially powerful in identification of signaling aberrations in disease states. Haploinsufficiency of the gene SHANK3 causes Phelan-McDermid syndrome (PMDS) that is associated with a high risk of autism (Mitz et al., 2018). Unbiased, quantitative proteomics revealed profound changes in the phosphoproteome of Shank3-deficient neurons, including downregulation of Akt-mTORC1 signaling due to increased steady-state levels of upstream kinase, Cdc2-like kinase 2 (Clk2) (Bidinosti et al., 2016). Pharmacological and genetic activation of Akt or inhibition of Clk2 relieved synaptic and behavioral deficits in PMDS patient-derived neurons and mouse models, thereby highlighting the value of using unbiased proteomic approaches in discovery of novel drug targets. Another powerful example is the use of phosphoproteomics screening analysis of Parkinson disease associated kinase LRRK2, in combination with different pharmacological inhibitors that uncovered Rab GTPases as key LRRK2 substrates, and pointed toward a new disease mechanism in PD (Steger et al., 2016).



Kinome Profiling

Immobilized broad-spectrum kinase inhibitors can be used in affinity pulldown to probe full-length kinases from whole neuronal or brain tissue proteomes (Bantscheff et al., 2007). This chemical proteomics method uses as multiplexed kinase inhibitor beads or kinobead-profiling enabling simultaneous profiling of over 200 kinases in a single experiment. Combining kinobead pulldown with SILAC or isobaric chemical labeling can increase analytical throughput dramatically, as well as allow comparison of proteomes from normal and disease states (Golkowski et al., 2017). In addition, kinobeads can be used to map drug-induced changes in the phosphorylation state of the kinome, enabling analysis of signaling downstream of target kinases (Golkowski et al., 2020). A limitation of kinobeads is that their applicability in providing spatial and temporal information on the kinome has not been proven. Most applications of kinobeads to date have focused on whole cell or tissue samples to query the kinome. ATP probes can be used in a similar fashion for profiling the entire kinome, kinases and other ATP utilizing proteins such as ATPases. This complementary chemical proteomic method trademarked as KiNativ, utilizes highly reactive biotinylated acyl phosphate derivatives of ATP as an affinity tag to profile the cellular kinome (Patricelli et al., 2007). In addition, the KiNativ platform can be used to determine the proteomic response to specific kinase inhibitors, which allows characterization of inhibitor interactions with endogenous kinases in native conditions (Patricelli et al., 2011). Application of these advanced kinome profiling techniques to better understand and delineate kinase signaling in dendritic development and disease states would likely reveal novel mechanistic insight (Figure 2C).



Modeling Dendritic Dysfunction Using iPSC Derived Neurons

Human induced pluripotent stem cell (hiPSC) derived neurons can be a powerful tool to model dendritic development and for studying how kinase signaling contributes to development and dendritic dysfunction. Stem cells can be reprogrammed from affected patient fibroblasts or from health controls, and differentiated into different neuronal and non-neuronal cell types to model neurological diseases in vitro (Dolmetsch and Geschwind, 2011; Paşca et al., 2014). There are three primary applications of this technology in studying dendrite development. First, iPSCs from healthy individuals can be gene edited using CRISPR-Cas9 to introduce truncations and single nucleotide polymorphisms (SNPs) to model the effect of kinase disease variants (Vermilyea et al., 2020). Secondly, iPSCs derived from patients with known neurological disorder can be differentiated to study neuronal development (Figure 2D). Forebrain cortical neurons differentiated from iPSCs derived from fibroblasts of 16p11.2 deletion and duplication carriers, exhibit opposing changes in dendritic arbor size (Deshpande et al., 2017), suggesting that reciprocal changes in neuronal size could contribute to brain size defects associated with 16p11.2 CNVs. Neurons derived from iPS cells are an excellent human cellular model for investigating neuronal development in an isogenic background. For example, female iPSCs harboring CDKL5-mutations were shown to maintain X-chromosome inactivation, with clones expressing either mutant CDKL5 allele or the wild-type allele (Amenduni et al., 2011). Neurons differentiated from patient iPSCs with CDKL5 mutations develop increased number of dendritic protrusions (Ricciardi et al., 2012). Another study utilized iPSC derived neurons from patients with distinct mutations to show that loss of CDKL5 led to a decrease in phosphorylation of CDKL5 substrate EB2. A microtubule regulator, EB2 phosphorylation status was shown to be critical for microtubule dynamics within dendrites (Baltussen et al., 2018). Finally, human iPSC derived 2D neuronal and 3D organoid models can be used in high throughput screens, for identification of novel modulators of dendrite development. A recent high-throughput screening of human iPSC-derived neurons focused on neurite growth employed a collection of 4,421 bioactive compounds, and identified 108 hit compounds, including 37 approved drugs, that regulate neurite growth (Sherman and Bang, 2018). Human iPSC derived neurons can be used as a preclinical model for drug toxicity tests relevant to human physiology, an issue that has hampered progress in generation of new therapeutics (Inoue et al., 2014). Continued innovation in the field of stem cell technologies have greatly improved reproducibility and reliability of iPS derived neurons. The prolonged developmental timeline of human neuronal development compared to rodents (Dolmetsch and Geschwind, 2011), however, necessitates further improvement that enable longer in vitro 2D and 3D culturing capacities, and allow for co-culturing of various brain cell types to recapitulate in vivo dendritic development, maturation and synaptic pruning (Kelava and Lancaster, 2016).





SUMMARY

Kinase signaling pathways act in a concerted fashion to mediate almost all aspects of dendritic development. These complex signaling pathways are elegantly intertwined, with key kinase signaling elements recurring throughout neuronal development. The human genome encodes a total of 518 kinases (Manning et al., 2002). While genetic models and GWAS analyses have identified several kinase-encoding genes implicated in neurological disease (Krahn et al., 2020), there remains much to discover about kinase function in dendrite development and how their dysregulation contributes to neuronal disease. Unbiased mapping of kinase signaling that instruct distinct stages of dendritic growth may reveal novel pathways that can be further genetically dissected. Comparative phosphoproteomic analyses of normal and disease states will serve as a powerful tool for future identification of novel therapeutic kinase targets. Advances in neurobiological and proteomic techniques will greatly facilitate the exploration of kinase pathways that impact dendrite structure and dysfunction in disease states.
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In contrast to the prenatal topographic development of sensory cortices, striatal circuit organization is slow and requires the functional maturation of cortical and thalamic excitatory inputs throughout the first postnatal month. While mechanisms regulating synapse development and plasticity are quite well described at excitatory synapses of glutamatergic neurons in the neocortex, comparatively little is known of how this translates to glutamate synapses onto GABAergic neurons in the striatum. Here we investigate excitatory striatal synapse plasticity in an in vitro system, where glutamate can be studied in isolation from dopamine and other neuromodulators. We examined pre-and post-synaptic structural and functional plasticity in GABAergic striatal spiny projection neurons (SPNs), co-cultured with glutamatergic cortical neurons. After synapse formation, medium-term (24 h) TTX silencing increased the density of filopodia, and modestly decreased dendritic spine density, when assayed at 21 days in vitro (DIV). Spine reductions appeared to require residual spontaneous activation of ionotropic glutamate receptors. Conversely, chronic (14 days) TTX silencing markedly reduced spine density without any observed increase in filopodia density. Time-dependent, biphasic changes to the presynaptic marker Synapsin-1 were also observed, independent of residual spontaneous activity. Acute silencing (3 h) did not affect presynaptic markers or postsynaptic structures. To induce rapid, activity-dependent plasticity in striatal neurons, a chemical NMDA receptor-dependent “long-term potentiation (LTP)” paradigm was employed. Within 30 min, this increased spine and GluA1 cluster densities, and the percentage of spines containing GluA1 clusters, without altering the presynaptic signal. The results demonstrate that the growth and pruning of dendritic protrusions is an active process, requiring glutamate receptor activity in striatal projection neurons. Furthermore, NMDA receptor activation is sufficient to drive glutamatergic structural plasticity in SPNs, in the absence of dopamine or other neuromodulators.

Keywords: cortico-striatal co-culture, immunocytochemistry, electrophysiology, dendritic spines, synaptic plasticity, glutamate, long-term potentiation


INTRODUCTION

The striatum is a highly integrative structure. In rodents, each of the ~2.5 million GABAergic medium-sized spiny projection neurons (SPNs) receives ~25,000 glutamate afferents from nearly all areas of the cortex and thalamus (Kincaid et al., 1998; Doig et al., 2010). These are modulated by nigrostriatal dopamine and form the only striatal output pathways (Tritsch and Sabatini, 2012). As the gateway to the basal ganglia, the striatum mediates action selection, motor control, motivation, and learning (Friend and Kravitz, 2014), and its dysfunction is implicated in neurodevelopmental disorders, addiction, and neurodegeneration (Graybiel et al., 2000; Smith et al., 2009; Gerfen and Surmeier, 2011). In contrast to the prenatal topographic development of sensory cortices, striatal circuit organization is slow and requires the functional maturation of cortical and thalamic excitatory inputs throughout the first postnatal month (Tepper et al., 1998). During this time, glutamate release promotes the formation and stabilization of excitatory synapses on SPNs (Kozorovitskiy et al., 2012, 2015). While mechanisms regulating synaptic development, maintenance, and plasticity are quite well described at glutamate synapses in principal excitatory neurons of the neocortex, much less is known of how these mechanisms translate to subcortical areas such as the striatum. Here, we developed assays to investigate excitatory synapse plasticity in a striatal in vitro system, where glutamate activity can be examined in isolation from dopamine and other neuromodulators.

Dendritic spines are specialized excitatory post-synaptic structures, which are thought to compartmentalize signaling processes to regulate glutamate receptor activation, calcium flux, cytoskeletal remodeling, membrane trafficking, and protein synthesis/degradation (Bourne and Harris, 2008; Yoshihara et al., 2009). Activity-dependent morphological changes in dendritic spines and associated presynaptic elements modulate neural function, with growth, pruning, and remodeling likely underlying cognitive processes (Villalba and Smith, 2013; Sala and Segal, 2014), and spine loss being a potential structural correlate of cognitive deficits (Penzes et al., 2011).

Excitatory synapse development, spine formation, and dynamics have been extensively studied in hippocampal/cortical pyramidal neurons, both in vivo and in vitro. Long-term potentiation (LTP) and long-term depression (LTD)-like paradigms have received particular attention, as these lasting activity-dependent modifications are considered the leading cellular model for learning and memory (Bliss and Collingridge, 1993). Spines alter shape and receptor composition in response to plasticity induction paradigms, with studies showing that LTP is typically associated with spine swelling (Matsuzaki et al., 2004; Okamoto et al., 2004; Tanaka et al., 2008) or de novo spine formation (Maletic-Savatic and Malinow, 1998; Engert and Bonhoeffer, 1999; Goldin et al., 2001), whereas LTD is associated with spine shrinkage (Okamoto et al., 2004; Zhou et al., 2004) or spine loss (Nägerl et al., 2004).

In recent genetic models where glutamate transmission is absent, principle excitatory neurons still develop normal dendritic architecture and spine numbers in vivo (Sando et al., 2017), a recent finding that adds weight to the traditional view that neuronal activity serves as a mechanism of refinement after synaptic connections are established (LeVay et al., 1980; Katz and Shatz, 1996; Sanes and Lichtman, 1999; Huberman et al., 2008). Conversely, there is evidence to support that activity is also important for synapse formation per se (Sabo et al., 2006; Andreae and Burrone, 2014; Choi B. J. et al., 2014; Choi S. H. et al., 2014; Okawa et al., 2014), reviewed in Andreae and Burrone (2018). In neuronal cultures, chronic action potential silencing throughout synaptogenesis reduces spine density by ~50% (Kossel et al., 1997), whereas after synapses form, a 3-day (but not 24 h) silencing period reduces spine number by only ~15% (Papa and Segal, 1996), suggesting that activity throughout the first 3 days contributes to synapse (and consequently spine) formation.

Alternatively, the observations that spine formation occurs on pyramidal neurons in the absence of vesicular glutamate release (Sando et al., 2017; Sigler et al., 2017), but is reduced in chronically-silenced cultures (Kossel et al., 1997), raise the possibility that early stages of spine formation may be regulated by GABAergic activity; inhibitory neurons are present in both scenarios, and GABA transmission (which is depolarizing in early development, and thus excitatory), is blocked in silenced cultures. Against this suggestion as a general rule, striatal cultures (almost entirely comprised of GABAergic SPNs) fail to generate appropriate dendritic arbors or dendritic spines in the absence of glutamatergic neurons, but do when co-cultured with cortical or hippocampal neurons (Segal et al., 2003; Kaufman et al., 2012; Fasano et al., 2013; Paraskevopoulou et al., 2019). Chronic silencing prevents spine formation even on co-cultured SPNs, which will develop spines within 2 h of TTX wash-out (Segal et al., 2003); this suggests connections are made despite silencing, and that spinogenesis specifically requires action potential-dependent transmission. Thus, SPNs require glutamatergic input to develop their eponymous morphology, and their dendritic spines appear to be highly plastic.

Alterations to striatal dendritic structures and synaptic plasticity are observed in multiple disorders, with evidence from many studies suggesting a role in the pathophysiology of Parkinson’s disease, Alzheimer’s disease, schizophrenia, and autism (McNeill et al., 1988; Day et al., 2006; Milnerwood and Raymond, 2010; Penzes et al., 2011; Villalba and Smith, 2013; Sala and Segal, 2014; Volta et al., 2017). Most knowledge of striatal plasticity comes from electrophysiological studies in acute brain slices; these have demonstrated a propensity to presynaptic plasticity and long-term depression, as well as the importance of neuromodulation by dopamine (Calabresi et al., 1997; Spencer and Murphy, 2000; Wang et al., 2006; Kreitzer and Malenka, 2007; Sergeeva et al., 2007; Li et al., 2009; Lovinger, 2010; Blackwell et al., 2019). That said, glutamate uncaging has also been shown to be sufficient to trigger de novo spine formation on SPN dendrites in ~50% of trials (Kozorovitskiy et al., 2012, 2015), similar to basal rates in cortical pyramidal neurons (Kwon and Sabatini, 2011). Elsewhere, Shen et al. (2008) demonstrated that dopamine was necessary for determining the directionality, but not necessarily the induction, of spike-time dependant plasticity in cultured striatal slices. Thus, glutamatergic modulation of striatal dendritic spines merits further attention, both during development and in response to activity-dependant plasticity.

Here, we examined how glutamate transmission, in the absence of dopamine, modulates SPN dendritic spine development, plasticity, and associated synaptic markers. Using an in vitro cortico-striatal co-culture system (Segal et al., 2003; Tian et al., 2010; Randall et al., 2011; Kaufman et al., 2012; Milnerwood et al., 2012; Penrod et al., 2015), we investigated the effects of blocking action potential-dependent network activity, manipulating spontaneous AMPA receptor (AMPAR) and NMDA receptor (NMDAR) activity, and the effects of an NMDAR-dependent LTP induction paradigm. Long-term glutamate silencing (>24 h) induced presynaptic alterations, reduced spine density, and had variable effects on filopodia, while short-term silencing (<3 h) did not. The LTP induction paradigm rapidly induced spine and GluA1 cluster changes, consistent with LTP-like modifications. We add to the literature by showing that glutamatergic activity is required for the maturation of striatal neurons, and demonstrate that glutamate receptor activity can induce structural plasticity in the absence of dopamine or other neuromodulators. The experiments here provide a foundation for future studies of activity-dependent striatal plasticity both in development and disease.



MATERIALS AND METHODS


Culture Preparation

Wild-type (WT) C57BL/6J, and WT littermates from an LRRK2 G2019S knock-in colony (bred with the C57BL/6 colony, described in Beccano-Kelly et al., 2014) were maintained following the University of British Columbia animal care unit and the Canadian Council on Animal Care regulations. Primary neuronal cultures were prepared from mouse embryos (E16.5) of either sex. Briefly, brains were removed and dissected on ice in Hank’s Balanced Salt Solution (HBSS, GIBCO). For WT littermate cultures, tails were genotyped before cells were pooled, as in Beccano-Kelly et al. (2014). Cortical and striatal tissues were separately digested in 0.05% Trypsin-EDTA (LifeTech) at 37°C. Striatal cells were nucleofected with GFP on an AAV plasmid driven by a long-lasting (CAG/β-actin) promoter (pAAV-CAG-GFP; Addgene plasmid #37825): 1–2 million cells were suspended in 100 μl of electroporation buffer (Mirus Bio) with 1–2 μg of endonuclease-free DNA, transferred to a cuvette and electroporated using a Lonza Nucleofector 2b (Amaxa, program 05). The cell suspension was then removed and resuspended in plating medium (PM; 2% B27 + 1/100 penicillin/streptomycin, Invitrogen; 0.5 mM α-glutamine; neurobasal medium, GIBCO) and 24-well plates were seeded with non-transfected cortical neurons from the same mice at 1:1, to a density of 200,000 cells/well in 1 ml of PM. Cells were incubated at 37°C and 5% CO2, and, from days in vitro (DIV) 4 onwards, 10% of media was exchanged every 3–5 days until DIV21.

To verify survival and correct fluorophore/morphological identification of SPNs (as opposed to striatal interneurons and other cells) in vitro, additional co-cultures were prepared from homozygous BAC transgenic Drd1a-tomato mice [D1R-Tom, B6.Cg-Tg(Drd1a-tdTomato)6Calak/J, Jackson Laboratory, #016204], in which SPNs expressing the Drd1 dopamine receptor (D1R) are identified by Td-Tomato red fluorescent protein (Ade et al., 2011). To visualize SPNs expressing the Drd2 dopamine receptor (D2R), we used heterozygous Drd2-eGFP transgenic mice on an FVB/NJ background (D2R-eGFP, a gift from Raymond lab). Striatal or cortical neurons were nucleofected with TagBFP (pTagBFP-N; Axxora; EVN-FP172-C020) before plating 1:1 with non-nucleofected cells, and maintained until DIV21 as described above.



Treatments


Chronic and Acute Action Potential Silencing

Co-cultures were left untreated 7 days after plating, to enable neurite outgrowth and synapse formation. Action potentials were then blocked by TTX application [1 μM; Tocris (IC50 ~7 nM)] in two ways: (A) throughout the rest of the 3-week development and maturation process, 3× TTX (TTX added at DIV7, 14 and 20); and (B) for the first 2 weeks with no further addition within the third week, 2× TTX (TTX at DIV7 and 14), and compared to control (sham; no drug added) neurons on the same 24-well plate. The concentration (far exceeding IC50) and time of TTX application was chosen to ensure effectiveness with fresh media addition (Takada et al., 2005; Hartman et al., 2006; Fishbein and Segal, 2011), and the 2× TTX (B) group included to see if a 7-day period is sufficient for recovery. One-hundred microliter of media was removed from each well and pooled by condition, then returned to each well, with, or without (sham) the addition of TTX.

Short-term disruption of glutamate signaling was achieved by blockade of burst firing with TTX (1 μM; Silencing), or of all excitatory activity (Total Silencing) by application of TTX, 6-cyano-7-nitroquinoxaline-2,3-dione disodium salt (CNQX; AMPA/kainite receptor antagonist; 10 μM; Tocris) and D-(−)-2-Amino-5-phosphonopentanoic acid (AP5; NMDA receptor antagonist; 10 μM; Tocris). At 24 or 3 h before fixation on DIV21, 100 μl of media was removed from each well and pooled by condition, then replaced with (for silencing) or without (sham control) drug addition.



Chemical Plasticity

The chemical long-term potentiation (cLTP) paradigm was achieved by applying glycine in the absence of extracellular magnesium (Mg2+), as previously described in hippocampal neurons (Lu et al., 2001; Brigidi et al., 2014). Briefly, media was removed from wells and replaced by an Mg2+-free extracellular solution (ECS; 125 mM NaCl, 33 mM D-glucose, 5 mM HEPES, 5 mM KCl, 2 mM CaCl2) containing 0.5 μM TTX and 20 μM bicuculline methiodide (10 mM stock; Tocris) for 15 min. One-hundred microliter of the solution was then removed from each well, 200 μM glycine (100 mM stock; Thermo Fisher Scientific) was added for cLTP condition and the solution was replaced, whereas removal/replacement without glycine addition acted as a negative sham control (cLTP Control). After 3 min, the solution in both groups was replaced with a fresh solution for 30 min, before fixation. A media removal and replacement group (without a change to Mg2+-free) acted as a second sham control.


Immunostaining

Cells were fixed [4% Paraformaldehyde (PFA), 4% sucrose; 20 min], permeabilized [−20°C Methanol (MeOH) for 3 min] and blocked [3× 20 min wash with 10% normal goat serum (NGS) in phosphate-buffered saline (PBS), at room temperature (RT)]. Primary antibodies were incubated by shaking overnight at 4°C in PBS with Tween 20 (PBST) + 2% NGS, then cells were blocked again (10% NGS + PBS, 1 h RT) before secondary antibodies were applied (in PBST + 2% NGS, 30 min RT). Coverslips were washed (PBS, 3× 10 min) and slide-mounted with Fluoromount (Southern Biotech). The primary antibodies used were anti-GFP (Green Fluorescent Protein, mouse, Abcam Cat# ab1218 RRID: AB_298911, 1:1,000), anti-synapsin1 (Synapsin-1, rabbit, Millipore Cat# AB1543P RRID: AB_90757, 1:500), anti-GluA1 (AMPA Receptor, rabbit, Alomone Labs Cat# AGC-004 RRID: AB_2039878, 1:500), anti-tRFP (tagRFP, rabbit, Axxora Cat# EVN-AB233, 1:500). Secondary antibodies were anti-Mouse Alexa 488 (RRID: AB_2534069), anti-Rabbit Alexa 568 (RRID: AB_143157) and anti-Rabbit AMCA (all 1:1,000).



Image Acquisition and Quantification

For co-culture characterization, 10–15 images were captured of each culture on an Olympus Fluoview 1000 confocal microscope (20× magnification, 1× confocal zoom), at random points across coverslips (for striatal marker co-expression counts) and targeted at BFP-expressing neurons (to verify D1R or D2R co-expression specifically with nucleofected neurons). The number of nucleofected neurons (blue) co-expressing Td-Tomato (red, D1R) or eGFP (green, D2R) were counted in ImageJ.

For other experiments, GFP-expressing neurons that fit D1R or D2R SPN morphology (Kaufman et al., 2012) were imaged as a series of 8–15 successive 0.5 μm z-stacks (60× oil immersion lens, 2× confocal zoom). Five to 10 SPNs were imaged per condition from a minimum of three independent cultures, with excitation and acquisition parameters constrained across all paired comparisons. The acquired images were sorted by channel and flattened using the max projection function on ImageJ for dendritic protrusion and cluster analysis.

For GluA1 and Synapsin-1 puncta analysis, images were manually thresholded and binarized by the eye using ImageJ, with the experimenter blind to condition. All quantification was conducted in Cell Profiler (http://www.cellprofiler.org; analysis pipeline included in Supplementary Material). Briefly, GFP-expressing cells were used to mask the dendritic arbor as the region of interest (ROI), which was then expanded by five pixels to capture apposing presynaptic elements. Binarized Synapsin-1 or GluA1 images were used to produce masks within the dendritic ROI, which was applied to the corresponding original (non-binarized) image to obtain puncta size (min diameter = 4 pixels; max = 15 pixels), intensity, and density (number of puncta/dendrite length) measures. Otsu’s method was used for automatic global thresholding of the images, and adjacent puncta were distinguished and divided by intensity.

To quantify dendritic protrusions, 3× ≥ 30 μm segments of secondary or tertiary dendrites, at least 30 μm from the soma were selected in the green channel (GFP fill) of each z-projected image in ImageJ. Dendrite length was recorded and manual 2D digital reconstruction was performed to count and measure each dendritic protrusion, with the experimenter blind to treatment condition. Protrusions were classified as either spine (<2 μm in length with a visible head >0.5 μm in diameter), or filopodia if they ranged between 1–10 μm and lacked a distinct bulbous head (Segal et al., 2003; Arstikaitis et al., 2011). The calculated densities and lengths for individual dendrites were averaged for a mean density per neuron. To quantify the percentage of spines associated with GluA1, clusters from binarized GluA1 images were manually counted within spines in three selected dendritic segments, excluding clusters that were clearly in perpendicular crossing neurites of other neurons.

Additional analysis was conducted on a large subset of images from chronic and acute silencing experiments, to quantify Synapsin-1 puncta on excitatory synapses only (those on spines and filopodia-like protrusions), as opposed to the entire dendrite masks. ImageJ was used to create ROIs around a sample of 20 spines (of varying shapes and widths) and any visible filopodia (ranging from 0 to 20) on secondary or tertiary dendrites of the GFP-expressing cell in each image. The ROIs were then applied as masks on the corresponding raw Synapsin-1 images, and the mean and integrated intensity measured within each ROI.



Electrophysiology

Whole-cell voltage-clamp recordings were performed on GFP-expressing SPNs in the cortico-striatal co-cultures at DIV20–22 to measure functional changes following glycine application. 30 min after the cLTP or cLTP Control treatment, cells were perfused at room temperature with the extracellular solution (ECS) containing (in mM): 167 sodium chloride, 2.4 potassium chloride, one magnesium chloride, 10 glucose, 10 HEPES, two calcium chloride; pH 7.4, 290–300 mOsm. TTX (1 μM) and picrotoxin (PTX, 100 μM) were added to block spontaneous burst firing and GABAergic activity respectively. Pipette resistance (Rp) was 5–8 MΩ when filled with (in mM): 130 cesium methanesulfonate, five cesium chloride, four sodium chloride, one magnesium chloride, 5 EGTA, 10 HEPES, 5 QX-314, 0.5 GTP, 10 Na2-phosphocreatine, and 5 Mg ATP, 0.1 spermine; pH 7.3, 290 mOsm. The membrane test function was used to determine intrinsic membrane properties after obtaining whole-cell configuration, with a holding potential of −70 mV (Milnerwood et al., 2012). Following a 2-min settling period, miniature (spontaneously released, in the presence of TTX) excitatory post-synaptic currents (mEPSCs) were recorded at −70 mV. Data were acquired by Multiclamp 700 B amplifier and signals were filtered at 2 kHz, digitized at 10 kHz, and analyzed in Clampfit10 (Molecular Devices). Only recordings with a series resistance (Rs) <30 MΩ were included and ΔRs tolerance cut-off was <10%. mEPSCs were analyzed using the threshold search in Clampfit10 (threshold 5 pA) and additional visual quality control with the experimenter blind to genotype; monophasic events were used for amplitude and decay kinetics, while others were suppressed but included in frequency counts.



Statistical Analysis

All statistical analyses were performed using Graphpad versions 7–9 (GraphPad software). For chronic and acute TTX experiments, spine/filopodia analysis is presented as raw data, whereas Synapsin-1 cluster data is normalized to the sham control within culture, to account for between-culture variation in immunostaining. Analyses were performed by one-way ANOVA and a Kruskal–Wallis test when data were not normally distributed (based on the d’Agostino and Pearson omnibus normality test). If significance was reached (at p < 0.05), post-hoc comparisons were made using uncorrected Fisher’s LSD (following one-way ANOVA) or uncorrected Dunn’s test (following Kruskal–Wallis). For chemical plasticity, the cLTP condition was normalized to cLTP control within culture, and comparisons made using two-tailed unpaired Student’s t-test, or the Mann–Whitney U test when data were not normally distributed. Statistical analyses are specified in each figure legend and all significant comparisons displayed by asterisks, with sample numbers (n) presented as number of images (number of independent cultures). Data are presented as mean ± SEM throughout.






RESULTS


Characterization of Cortico-Striatal Co-cultures From D1R and D2R Reporter Mice

While striatal neurons develop poorly and have low viability in mono-culture (Segal et al., 2003; Kaufman et al., 2012; Burguière et al., 2013), those co-cultured with cortical neurons develop complex dendritic arbors and spines that stabilize around DIV20, and exhibit both morphological and electrophysiological properties resembling SPNs in vivo (Segal et al., 2003; Tian et al., 2010; Randall et al., 2011; Kaufman et al., 2012; Milnerwood et al., 2012; Burguière et al., 2013; Lalchandani et al., 2013; Penrod et al., 2015). Over 95% of total striatal cells are SPNs in vivo (Kawaguchi and Kubota, 1997), a proportion that is maintained in vitro (Shehadeh et al., 2006). Of these, ~half express the D1 dopamine receptor, and half express the D2 dopamine receptor (Kreitzer, 2009).

To verify the nucleofection of isolated striatal cells before mixing in co-culture, and ensure correct visual identification of SPNs by the experimenter based on fluorescent fills, we quantified the co-expression of BFP plasmid-nucleofected striatal neurons in cultures prepared from germ-line SPN marker mice; for D1R SPNs we used Drd1a-tdTomato reporter mice, and for D2R SPNs we used Drd2-eGFP reporter mice. BFP-expressing neurons showing characteristic SPN morphology, as described in previous studies (Kaufman et al., 2012; Burguière et al., 2013), were imaged before checking for D1R or D2R co-expression, to test the accuracy of the experimental assessment. Given that >95% of striatal cells are SPNs, D1- and D2-expressing cells should each account for ~50% of all BFP-expressing neurons; however, it should be noted that in acute slices and cultures, the segregation in double-fluorophore mice is 60% D1 vs. 40% D2 (Thibault et al., 2013). In line with this, 56% of imaged BFP neurons (in two separate cultures) in cultures from Drd1a-tdTomato reporter mice were Drd1 positive (Figures 1A,B). In cultures from Drd2-eGFP reporter mice (Figure 1C), ~28% of BFP-expressing neurons (over two separate cultures) co-expressed D2R, slightly below the expected proportion. Together the results demonstrate that at least 80% of BFP-filled cells are clearly identified as SPNs, based on BAC fluorophore expression.
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FIGURE 1. Nucleofection and spiny projection neuron (SPN) identification in co-cultures from reporter line mice. (A,B) Representative images of days in vitro (DIV) 21 striatal neurons from Drd1a-tdTomato (D1R) BAC transgenic reporter line mice, nucleofected with BFP expression constructs and grown in co-culture with cortical neurons (20× magnification, 2× zoom Olympus FV-1000). (A) D1R SPN (red) co-labeled with BFP-fill (blue) is shown (purple; filled star), surrounded by two non-nucleofected (open star) D1R SPNs. (B) Two BFP filled SPNs are apparent, one of which is D1R+ve (filled star) and one is negative (open arrowhead), as apparent in somatic D1 signal (inserts); two D1R+ve non-nucleofected SPNs are nearby (open stars). (C) Representative image of DIV21 striatal neurons from Drd2-eGFP (D2R) BAC transgenic reporter line mice, nucleofected with BFP expression constructs and grown in co-culture with cortical neurons (20× magnification, Olympus FV-1000). A D2R SPN (green) co-labeled with BFP-fill (blue) is shown (cyan; filled star), near to a non-nucleofected (open star) D2R SPN. A BFP filled SPN is apparent, which is D2R+ve (open arrowhead). (D) Representative image (20× magnification) of DIV21 cortico-striatal co-cultures from non-transgenic mice. Striatal neurons nucelofected with BFP expression constructs (blue) before plating, and cultures were stained for MAP2 (green) to verify the density of nucleofected striatal neurons. Two BFP-expressing neurons are visible (open arrowheads).





Chronic TTX Application During Development Alters Dendritic Protrusions and Synapsin-1 Clusters in SPNs

The role of bursts of synchronous (action potential-mediated) excitatory release onto SPNs during synapse maturation was assessed by chronic blockade of action potentials (TTX) in cortico-striatal co-cultures over 2 (2× TTX, at DIV 7, 14) or 3 (3× TTX, at DIV 7, 14 and 20) weeks (Figure 2A). Quantification of dendritic protrusions on GFP-expressing SPNs (Figure 2B) revealed a significant effect of treatment upon SPN spines (Figure 2Ci), with post-hoc analysis demonstrating significantly lower density in both TTX-treated groups, relative to untreated SPNs (control = 0.68 ± 0.07, 2× TTX = 0.46 ± 0.05, and 3× TTX = 0.36 ± 0.04 spines/μm dendrite). While filopodia density was not significantly altered, there was a clear trend toward TTX treatment increasing filopodia in a dose/time-dependent manner (Figure 2Cii).
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FIGURE 2. Chronic TTX treatment decreases spine density and Synapsin-1 intensity. GFP-expressing striatal neurons were grown in co-culture at a 1:1 ratio with cortical cells until DIV21, then fixed and stained with anti-GFP (green) and the presynaptic terminal marker Synapsin-1 (red). (A) Experimental timeline for each condition. Cells were treated with 3× TTX (DIV 7, 14 and 20), 2× TTX (DIV 7&14), or received a media removal sham treatment (Control). (B) Top: representative images for each condition (Olympus FV-1000, 60×, 2× zoom). Middle and bottom: expanded images of the dendritic segment marked by the white rectangle in the corresponding top image (digital zoom). Overlay of GFP fill and Synapsin-1 staining (middle) showing dendritic spines (filled arrowhead), filopodia (open arrowhead), and Synapsin-1-positive presynaptic terminals in red. Outline of GFP filled with Synapsin-1-positive puncta (bottom) to show presynaptic terminals and masked area for quantification. (Ci) There was a significant decrease in dendritic spine density (averaged across three quantified dendritic segments per neuron) in both chronic TTX treatments (Kruskal–Wallis test, **p = 0.002; post-hoc 2× TTX, *p = 0.019, 3× TTX, ***p = 0.0007) relative to control, but there was no significant difference between the two TTX treatments (p = 0.188). (ii) Filopodia density was not significantly increased following TTX treatment relative to control (Kruskal–Wallis test, p = 0.155). (Di,ii) Synapsin-1 cluster size was only significantly reduced in the 2× TTX condition compared to control (i; Kruskal–Wallis test, **p = 0.008, post-hoc 2× TTX, **p = 0.002, 3× TTX, p = 0.147), and there was no significant difference between treatment groups (p = 0.179). Synapsin-1 cluster intensity was reduced in both TTX conditions relative to the control (ii; one-way ANOVA, F(2,115) = 3.409, *p = 0.036; post-hoc, 2× TTX, *p = 0.026 and 3× TTX, *p = 0.034), and there was no difference between the two TTX treatment groups (p = 0.791).



To assess whether postsynaptic structural alterations were associated with a change in presynaptic contacts, we quantified Synapsin-1 clusters (present at both glutamatergic and GABAergic synapses) in contact with dendrites on GFP-filled SPNs. The density of Synapsin-1 clusters did not differ between treatment groups (Supplementary Figure 1A), but there was a significant main effect of treatment upon cluster size (Figure 2Di) and cluster intensity (Figure 2Dii), with both TTX-treated groups showing a reduction when normalized to control SPN values (2× TTX = 0.85 ± 0.05 and 3× TTX = 0.87 ± 0.16). The size of Synapsin-1 clusters was only significantly reduced compared to control SPNs in the 2× TTX condition (Figure 2Di; 0.93 ± 0.02). To verify that the observed changes occurred at excitatory synapses, we quantified puncta signal intensity directly on spines and filopodia (Supplementary Figure 1A); in agreement with reduced presynaptic intensity on whole dendritic masks, Synapsin-1 signal was significantly reduced on spines in cultures that were silenced for the full period (3× TTX), relative to both untreated and transiently-silenced cultures (2× TTX, p < 0.0001 and p = 0.008, respectively). While not statistically significant, there was an intermediate reduction in Synapsin-1 signal on spines in the transiently-silenced group. This demonstrates that presynaptic alterations in Synapsin-1 signal on spines (Supplementary Figure 1A) correlate with the reductions to spine density (Figure 2Ci) and Synapsin-1 signal on whole dendrite masks (Figure 2D). Silencing duration gradually increased the density of filopodia, but not significantly (Figure 2Cii), and while Synapsin-1 signal was unaltered on filopodia of cultured SPNs silenced for the full period, in the transiently-silenced group Synapsin-1 signal was significantly increased, relative to both untreated and total silenced (Supplementary Figure 1A). This suggests that the overall reduction in presynaptic signals onto SPN dendrites of silenced cultures is predominantly at more mature dendritic spines and that transient silencing results in an increase in presynaptic signal on filopodia (and a rebound increase in spines) following removal of TTX.

Together the data demonstrate that sustained chronic blockade of burst firing in cortico-striatal co-cultures alters presynaptic inputs, in concert reducing the density of dendritic spines by either: (1) preventing spine formation in SPNs (which recovers partly when TTX is removed); or (2) causing a gradual loss of spines that is more pronounced with longer silencing.



Glutamatergic Silencing Alters Dendritic Protrusions and Synapsin-1 Clusters After 24, but Not 3, Hours

Next, we tested whether pre-and post-synaptic changes would still be observed following a shorter (24 h) TTX application (Silencing), and after additionally using antagonists to block glutamate signaling from action potential-independent (miniature/spontaneous) release and AMPA and NMDA receptor signaling (Total Silencing, Figure 3A). A treatment effect on spine density in GFP-filled SPNs (Figure 3B) neared statistical significance (Figure 3Ci, p = 0.07), due to reduced spine density in the TTX Silencing group, whereas Total silencing appeared to prevent this. There was a significant main effect of treatment upon filopodia density, with a significant increase following TTX application only, and a strong trend to an increase following total silencing (Figure 3Cii).
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FIGURE 3. Blocking glutamatergic activity induces structural changes and increases Synapsin-1 cluster intensity after 24, but not 3, hours. (A) Experimental timeline for each condition. TTX (Silencing) or TTX + AP5 + CNQX (Total Silencing) was administered either 24 or 3 h before fixation on 21 days in vitro (DIV). (B) Top: representative cell images from each condition (Olympus FV-1000, 60×, 2× zoom). Middle and bottom: expanded images of the dendritic segment outlined in the white rectangle (digital zoom), showing the GFP fill (green) and Synapsin-1-positive presynaptic terminals (red, middle) with visible spines (filled arrowhead) and filopodia (open arrowhead), and an outline of the GFP fill with Synapsin-1 puncta (bottom) to illustrate the masked area for quantification. (C) Results from 24 h blockade. (i) There was no significant difference in spine density, despite a strong trend to a reduction following TTX treatment (one-way ANOVA, F(2,57) = 2.812, **p = 0.068). (ii) There was a significant increase in filopodia density following TTX treatment as compared to control cells (Kruskal–Wallis test, **p = 0.004, post-hoc ***p = 0.0008), which was not observed when AMPA and NMDA receptors were also blocked (p = 0.068) and post-hoc comparisons revealed no significant difference between the TTX treatment groups (p = 0.127). (iii,iv) Synapsin-1 cluster size was significantly increased in both silencing conditions relative to control. (iii) One-way ANOVA, F(2,74) = 15.617, ****p < 0.000001; post-hoc Silencing ****p < 0.0001 and Total Silencing ****p < 0.000001); and there was no significant difference between treatment groups (p = 0.227). The integrated intensity was only significantly increased in the Total Silencing condition compared to control (iv; Kruskal–Wallis test, *p = 0.024, the post-hoc p value is referred to on the graph **p = 0.007), whereas the Silencing condition did not differ significantly either from control (p = 0.230) or Total Silencing conditions (p = 0.115). (Di–iv) No significant changes in dendritic protrusions or Synapsin-1 clusters were observed following a 3 h treatment. (i) Spines p = 0.6. (ii) Filopodia p = 0.9. (iii) Size p = 0.1. (iv) Intensity p = 0.1.



Analysis of Synapsin-1 revealed that cluster density was not altered (Supplementary Figure 1B), but cluster size was significantly increased in both the Silencing and Total Silencing conditions when normalized to control SPNs (Figure 3Ciii, 1.08 ± 0.01, p < 0.0001 and 1.10 ± 0.02, respectively). Cluster intensity was also significantly increased after Total Silencing, whereas there was only a trend to increase in the Silencing condition (Figure 3Civ). Analysis of Synapsin-1 signal specifically on dendritic spines and filopodia demonstrated an increase in spines similar to that observed on whole dendrite masks, but no change on filopodia (Supplementary Figure 1B). The data suggest presynaptic alterations (increased Synapsin-1 signal) occur on all spines upon TTX silencing, before robust spine elimination by longer (chronic) TTX silencing; this spine loss is prevented by blocking residual spontaneous activity in the Total Silencing group, despite similar presynaptic effects. Conversely, no presynaptic changes were detected on filopodia, despite their increased density, which must require more sustained (chronic) silencing.

A shorter 3 h blockade of glutamatergic activity produced no significant differences in spine density (Figure 3Di), filopodia density (Figure 3Dii), or any measures of Synapsin-1 clusters (Figures 3Diii,iv). Thus, a 3 h silencing period is insufficient to drive structural changes in SPNs, whereas a 24 h silencing period causes pre- and post-synaptic changes. Interestingly, blocking AMPA and NMDA receptors prevented dendritic protrusion changes, but not Synapsin-1 signal increases. The results suggest that postsynaptic structural plasticity is dependent upon residual, presumably miniature, NMDA/AMPA receptor glutamate signaling over a 24 h period; in contrast, presynaptic alterations are apparent in response to silencing at terminals on spines (but not filopodia), regardless of NMDA and AMPA receptor signaling.



Chemical LTP Significantly Increases Spine Density, GluA1 Expression, and Alters mEPSC Properties in SPNs

To determine whether striatal SPNs can exhibit LTP-like changes without the contribution of neuromodulators, we used a pharmacological induction paradigm for NMDAR-dependent LTP with the NMDAR co-agonist glycine, a protocol similar to what we and others have previously used in cultured hippocampal neurons (Park et al., 2006; Fortin et al., 2010; Brigidi et al., 2014). Cells were treated with glycine for 3 min in Mg2+-free extracellular solution (cLTP), using a switch to Mg2+-free solution with no glycine addition as a control condition (cLTP control; Figure 4A). There were no significant differences between the cLTP control and the sham control (media removal and replacement; data not shown), and cLTP results were normalized to cLTP control within each culture. Quantification of dendritic protrusions on GFP-expressing SPNs (Figure 4B) revealed that glycine treatment resulted in a significant ~30% increase in spine density (Figure 4Ci; cLTP ctrl = 1.00 ± 0.07 and cLTP = 1.27 ± 0.06), with no change in filopodia density (Figure 4Cii). Additionally, cLTP treatment resulted in a significant increase in GluA1 cluster intensity compared to control SPNs (Figure 4Ciii, 1.00 ± 0.06 and 1.22 ± 0.05 respectively) but no difference in GluA1 cluster density or size (data not shown). Quantification of the percentage of dendritic spines containing clear GluA1 clusters was significantly higher (70% increased) in glycine-treated cultures (Figure 4Civ). Presynaptic Synapsin-1 staining did not change following glycine treatment (Figure 4Cv).
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FIGURE 4. A 3-min glycine cLTP induction protocol induced spine density and GluA1 cluster increases within 30 min and altered the decay time of miniature events. (A) Experimental timeline. Following glycine or control treatment, cells were fixed and immunostained with anti-GFP (green) and the presynaptic terminal marker Synapsin-1 (not shown) or the postsynaptic AMPA receptor subunit GluA1 (red). Separate coverslips were used for whole-cell voltage-clamp recordings. (B) Top: representative images (Olympus FV-1000, 60×, 2× zoom) of control (cLTP ctrl) and +glycine (cLTP) cells. Middle and bottom: expanded images (digital zoom) depicting the dendritic segment outlined in the white rectangle above. Middle row images show GFP fill with visible spines and GluA1 clusters, and in the lower panel, the GFP fill is outlined to depict the masked area for puncta quantification. (C) Structural and synaptic marker changes following glycine treatment in Mg2+-free ECS. (i,ii) The analysis revealed a ~30% increase in spine density relative to control-treated SPNs. (i) Unpaired t-test, **p = 0.006; whereas no change was observed in filopodia density. (ii) p = 0.2. (iii,iv) GluA1 cluster intensity was significantly increased in glycine-treated relative to control SPNs. (iii) Unpaired t-test, **p = 0.009; as was the percentage of spines colocalized with GluA1 clusters in glycine treated SPNs. (iv) Mann–Whitney test, *p = 0.022. (v) No changes in Synapsin-1 cluster density were observed. (D) Whole-cell patch-clamp recordings from cLTP and control SPNs. (i) Representative traces showing miniature excitatory postsynaptic currents (mEPSCs) in the control (top) and glycine-treated (bottom) SPN. (ii,iii) Despite a trend, there was no significant difference in mEPSC frequency. (ii) p = 0.1 and no change in amplitudes. (iii) p = 0.5. (iv) The mEPSC decay time (tau) was significantly faster, following glycine treatment (Mann–Whitney test, *p = 0.015).



Since glycine treatment increased spine density and GluA1 signal, we next assessed functional effects by whole-cell voltage-clamp recordings of miniature excitatory postsynaptic currents (mEPSCs) in control and glycine-treated GFP-filled SPNs (Figure 4Di). Increases in mEPSC frequency (reflective of increased presynaptic glutamate release or active synapses) and increased amplitude (postsynaptic responsiveness) are detected in glycine-treated hippocampal neurons (Brigidi et al., 2014). The frequency of mEPSCs appeared ~20% higher in glycine-treated SPNs, but the trend was not significant (Figure 4Dii), and there were no trends to increased mEPSC amplitude (Figure 4Diii). However, mEPSC event decay time constants (tau) were significantly faster in cLTP SPNs (Figure 4Div); this was not explained by passive membrane properties, which did not differ between the two groups (data not shown). These results suggest that NMDAR activation alone is sufficient to drive LTP-like structural changes in SPNs and to induce significant alterations to the properties of excitatory currents.




DISCUSSION

The structural responses of SPNs to altered glutamate input were examined within the context of cortico-striatal co-cultures, and findings are summarized in the graphical abstract (Figure 5). A reduction in spine density following chronic or medium-term TTX application suggests that excitatory action potential firing in cortico-striatal networks is a crucial regulator of dendritic spines, and thus of excitatory synapse development and/or maintenance on striatal neurons; however, a contributing role of GABA from interneurons or SPNs themselves cannot be ruled out in the present work. NMDAR-dependent structural LTP-like changes were rapidly induced by glycine stimulation, as evidenced by a ~30% increase in spine density and GluA1 cluster signals within 30 min. Overall, these pharmacological silencing and plasticity experiments indicate that altering glutamatergic activity is sufficient to drive structural plasticity in SPNs, even in the absence of dopamine and other striatal neuromodulators. Furthermore, while there is an ongoing debate about the role of filopodia as intermediates in spine formation (reviewed in Sala and Segal, 2014), our finding that spine and filopodia densities were not always negatively correlated supports the notion that they are, at least in part, regulated by distinct processes.
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FIGURE 5. Summary of results. (A) Cartoon depicting basal (no silencing) striatal projection neuron dendrite (SPN; green) with three postsynaptic spines and two filopodia, with presynaptic Synapsin-1 signal shown in red. There were no changes detected following 3 h TTX silencing or 3 h TTX + AP5+CNQX. Silencing with TTX for 24 h increased Synapsin-1 signal intensity specifically on dendritic spines (darker red), and began the process of spine elimination, without changes to filopodia density. The additional block of spontaneous glutamate receptor activation (AP5 + CNQX) prevented reductions in spine density but not increased Synapsin-1 signal intensity. Chronic silencing with 2-week exposure to TTX dramatically reduced spine density and decreased Synapsin-1 signal intensity; specifically, that associated with dendritic spines and dendrites. (B) Cartoon of control (no glycine) SPN with three spines and two filopodia with postsynaptic GluA1 AMPA receptor signal shown in purple. A chemical LTP protocol (3 min glycine) increased spine density, GluA1 signal intensity, and the percentage of spines with clearly detected GluA1 clusters, without changing presynaptic cluster density.



We replicate a previous finding that the continuous presence of TTX causes a reversible reduction in spines and increase in filopodia in developing co-cultured SPNs (Segal et al., 2003), and additionally demonstrate that 24 h silencing is sufficient to drive an increase in filopodia along with a strong trend to decreased spine density. Based on previous reports in cortico-striatal co-cultures, SPN spine density increases from ~0.07 to 0.3–0.4 spines/μm between DIV7 and 14 (Burguière et al., 2013; Penrod et al., 2015; Thibault et al., 2016) to ~1 spine/μm by DIV21 (Tian et al., 2010; Penrod et al., 2015). Thus, our reported spine density of ~0.36 and ~0.46 spines/μm at DIV21 following 2× TTX and 3× TTX, respectively, suggest a suppression in the maturing spines between DIV7–21; however, it is also possible that newly formed spines are lost or revert to filopodia upon additional TTX applications. In contrast, given the relative stability of spine densities by three weeks in culture (Penrod et al., 2015), our findings following a 24 h TTX application at DIV20 most likely reflect either a conversion of mature spines to filopodia or distinct regulation of each. Further examination of the mechanisms underlying these changes would benefit from examining SPNs at different developmental stages and at multiple time points following glutamatergic silencing.

That said, the silencing experiments here allow direct comparison of SPN silencing with studies in hippocampal and cortical pyramidal neurons. While a 24 h silencing period in DIV19 hippocampal neurons did not affect spine density, an increase in spine length was interpreted as a possible conversion to filopodia (Papa and Segal, 1996), in support of the results here. Chronic glutamate blockade has yielded somewhat contradictory results elsewhere; one study reported that TTX application throughout synaptogenesis reduced spine density ~50% in cultured hippocampal neurons (Kossel et al., 1997), whereas normal synaptogenesis and spine formation was observed in TTX-treated rat hippocampal slice cultures (McKinney et al., 1999; Soares et al., 2013) and in those from transgenic mice entirely lacking presynaptic glutamate release (Sigler et al., 2017). SPNs also respond differently to disrupted glutamatergic transmission in vivo; while hippocampal neurons develop mature spines in the absence of glutamatergic transmission (Sando et al., 2017), reducing glutamatergic release at cortico-striatal synapses in postnatal day (P) eight mice led to a ~40% reduction in spine density measured at P14–15 (Kozorovitskiy et al., 2012). Such changes may be distinct to spiny GABAergic neurons, as GABAergic cerebellar Purkinje cells also lack spines when cultured in the presence of TTX (Schilling et al., 1991). Future comparison of chronic silencing and glutamate receptor blockade in both SPNs and cortical pyramidal neurons in the same co-culture may prove enlightening. This would enable cell-specific spine/filopodia responses to be assessed under the same treatment paradigms and at the same developmental stages.

Intriguingly, we found increased presynaptic Synapsin-1 cluster size and intensity (but not density) following 24 h glutamatergic silencing, in contrast to the decrease observed following the chronic blockade. One possibility for this difference is a transient response to 24 h silencing, related to the immediate pause in the activity-dependent vesicle cycle. Studies of homeostatic plasticity in hippocampal and cortical neurons indicate that ~4–24 h suppression of action potential firing (or AMPAR activity) increases postsynaptic responses (O’Brien et al., 1998; Turrigiano et al., 1998; Stellwagen and Malenka, 2006; Goel and Lee, 2008; Ibata et al., 2008); however, it remains unclear whether this happens in other neuron types (Rutherford et al., 1997; Kim and Tsien, 2009), as does the extent to which homeostatic presynaptic changes in glutamate release and protein expression occur (Erickson et al., 2006; Wierenga et al., 2006; Turrigiano, 2011; Zhao et al., 2011). Although our results indicate that some presynaptic change occurred at cortico-striatal synapses following silencing, which may precede structural changes (as a trend to increased Synapsin-1 cluster size was visible 3 h post-treatment), the interpretation is limited by our choice of presynaptic marker. Given that Synapsin-1 is present at both glutamatergic and GABAergic synapses, we cannot distinguish whether our silencing paradigms differentially altered excitatory or inhibitory input onto SPNs; moreover, opposite regulation of these inputs could cancel one another, or mask additional effects in our readouts. To verify whether the presynaptic input changes observed here were occurring at excitatory synapses, we conducted additional analysis in which we quantified Synapsin-1 puncta on dendritic spines and filopodia only. While this strongly suggests that the observed Synapsin-1 changes were indicative of plasticity at excitatory synapses, future experiments would benefit from staining for synapse-specific pre- and post-synaptic markers to distinguish between inhibitory and excitatory synapses (for example VGLUT1 and PSD95 vs. VGAT and gephyrin, respectively; Rao and Craig, 1997; Levinson and El-Husseini, 2005). This, in combination with electrophysiological recordings of both excitatory and inhibitory post-synaptic currents, would provide more insight as to how different forms of glutamatergic blockade (chronic vs. acute; burst firing vs. receptor blockade) affect both structural and functional plasticity at synapses on SPNs. Future experiments could additionally examine activity-dependant effects on AMPA and NMDA receptor subunit composition and subcellular distribution; given that alterations to these are hallmarks of activity blockade in other glutamatergic neurons (Rao and Craig, 1997; Ehlers, 2003; Soares et al., 2013), it is worth investigating whether similar changes occur in SPNs. Nonetheless, examining the overall change in presynaptic input onto SPNs, in parallel to quantifying dendritic protrusions, highlighted an interesting difference between the response to chronic and 24 h glutamatergic blockade.

Our observations following the additional blockade of AMPARs and NMDARs during 24 h silencing suggest a potential disconnect between the spine and filopodia dynamics. While blocking ionotropic glutamate receptors prevented any suggestion of a change in spine density, a very strong trend to increased filopodia density remained. This is in agreement with results in cortical pyramidal and hippocampal neurons, where NMDAR activity is required for activity-dependent spinogenesis (Fischer et al., 2000; Kwon and Sabatini, 2011) and spine shrinkage/loss (Nägerl et al., 2004; Zhou et al., 2004; Oh et al., 2013), and where AMPAR activity regulates spine motility (Fischer et al., 2000) and maintenance (McKinney et al., 1999). Distinct effects on spine and filopodia dynamics have also been observed elsewhere; blocking AMPA receptors reduced spine density in hippocampal slices 7 days post-treatment, whereas NMDAR blockade had no effect on spines, but instead caused the appearance of filopodia-like protrusions (McKinney et al., 1999).

Beyond methodological variability, different responses to glutamate receptor blockade may arise from the existence of different filopodia sub-types (Portera-Cailliau et al., 2003; Richards et al., 2005), as well as the effects of developmental stage on filopodia dynamics (Sala and Segal, 2014); these distinctions could be tested in future experiments. It is also worth considering that some differences between blocking burst firing vs. all glutamatergic activity may arise from extrasynaptic receptors; while we assume antagonists are most effective in blocking spontaneous glutamate release and activation of receptors close to release sites, we cannot rule out the possibility that silencing extrasynaptic receptor activation through ambient glutamate in the media may contribute. Regardless, our results extend the literature on the effects of glutamatergic receptor blockade to striatal SPNs, demonstrating that, as at other glutamatergic synapses, spine pruning is an active process requiring ongoing low-level glutamate activity, and can be uncoupled from filopodia formation.

The role of NMDARs in striatal activity-dependent plasticity has been revealed primarily by slice electrophysiology (reviewed in Perrin and Venance, 2019). Although LTD was initially considered the dominant form of plasticity at cortico-striatal synapses, many reports have since shown that high-frequency stimulation can result in either NMDAR-dependent LTP, or mGluR-dependent LTD (Calabresi et al., 1996; Spencer and Murphy, 2000; Tang et al., 2001; Reynolds and Wickens, 2002; Wang et al., 2006; Sergeeva et al., 2007; Li et al., 2009; Lovinger and Mathur, 2012; Johnson et al., 2017). However, debate remains as to whether dopamine or other neuromodulators are necessary for the expression of LTP (Spencer and Murphy, 2000; Calabresi et al., 2007; Li et al., 2009; Lovinger, 2010; Burguière et al., 2013; Park et al., 2014; Cerovic et al., 2015). Only a few studies have specifically examined activity-dependent spine alterations in the context of AMPAR trafficking in SPNs (Kozorovitskiy et al., 2012, 2015; Matikainen-Ankney et al., 2018), and, to our knowledge, only one other study has done so in the absence of dopamine (Burguière et al., 2013). Here, we show that LTP-like changes in SPNs can be driven by NMDAR activity alone, as the NMDAR co-agonist glycine (in the absence of Mg2+) produced a rapid increase in dendritic spines and associated GluA1 expression. Thus, even in the absence of dopamine, SPNs show a similar response to NMDAR stimulation compared to principle excitatory neurons, in which LTP induction by glutamate uncaging (Matsuzaki et al., 2004; Yang et al., 2008) or chemical paradigms (Lin et al., 2004; Huang et al., 2005; Park et al., 2006; Sharma et al., 2006; Korkotian and Segal, 2007; Fortin et al., 2012; Brigidi et al., 2014) leads to increased spine head volume or de novo spine formation without filopodial intermediates (Kwon and Sabatini, 2011). However, a contributing role of non-neurotransmitter neuromodulators within the culture media, such as BDNF, cannot be discounted in the present findings.

The observed increase to GluA1 cluster intensity and association within spines also suggests a functional change, consistent with results in hippocampal neurons showing trafficking and membrane insertion of GluA1-containing AMPARs in spines following LTP induction (Shi et al., 2001; Malinow and Malenka, 2002; Matsuo et al., 2008; Fortin et al., 2010). However, electrophysiological measures of activity-dependent changes here were less clear. Whole-cell patch-clamp recordings ~30–60 min following treatment revealed variable effects on mEPSC frequency, although a trend to increased frequency in glycine-treated SPNs was observed. Moreover, we found no indication of increased mEPSC amplitude following glycine, despite the increased GluA1 signal. A potential reason for this is that the synaptic effects of glycine stimulation are not fully captured by measuring quantal (miniature) glutamatergic transmission, and that changes in evoked activity would be more apparent, given the growing body of literature suggesting that these are mechanistically distinct (Ramirez and Kavalali, 2011; Kavalali, 2015; Abrahamsson et al., 2017; Andreae and Burrone, 2018; Chanaday and Kavalali, 2018). Alternatively, the observed increase in spine density could precede functional changes requiring associated new presynaptic elements (as Synapsin-1 density did not increase); apropos, spine enlargement before AMPAR insertion has been observed following chemical LTP induction in hippocampal slices (Kopec et al., 2006).

In a separate study in which we used the same chemical LTP protocol on cultured hippocampal neurons, we found increased mEPSC amplitude and frequency, which correlated with increased spine width and density 30–60 min after glycine stimulation (Brigidi et al., 2014). It is thus possible that SPNs, unlike hippocampal neurons, require neuromodulators to fully express synaptic LTP in terms of current flux, while structural plasticity can be induced by NMDAR activation alone. In support of this, glutamate uncaging alone leads to spinogenesis in SPNs ~50% of the time, whereas D1 or A2a receptor agonists significantly increase the probability of novel spines and functional synapses (as evidenced by increased mEPSC frequency) in D1R and D2R SPNs, respectively (Kozorovitskiy et al., 2015). Nevertheless, the significant decrease in mEPSC event-decay constant following glycine treatment indicates that some functional change occurred at cortico-striatal synapses, possibly reflecting altered glutamate receptor subunit composition or phosphorylation (Lambolez et al., 1996; Banke et al., 2000; Chater and Goda, 2014). GluA2-lacking, calcium-permeable AMPARs exhibit faster decay kinetics than those containing GluA2 (reviewed in Diering and Huganir, 2018), and multiple studies have reported their integration at specific synapses, including cortico-striatal ones, during LTP induction (Lamsa et al., 2007; Soares et al., 2013; Ma et al., 2018; Park et al., 2018; Benke and Traynelis, 2019). Thus, the faster decay of mEPSCs in glycine-treated co-cultures, together with the increased GluA1 signal in spines, may reflect the activity-dependent insertion of calcium-permeable AMPARs in SPNs. Future work could extend these findings by recording evoked vs. miniature EPSCs, verifying differences in SPN subtype, and/or additionally examining the response to D1 and A2a receptor agonists. Regardless, our results show that NMDAR activation drives rapid structural, and some electrophysiological changes at cortico-striatal synapses.

This study presents an examination of activity-dependent structural development and plasticity within GABAergic striatal projection neurons. Chronic and short-term glutamatergic manipulations to co-cultured SPNs provides a comparison with similar studies in hippocampal and cortical pyramidal neurons and highlights the distinct but overlapping regulation of spine and filopodial activity-dependent plasticity. In particular, we show that SPN structural plasticity occurs within 24 h of glutamate activity blockade, and within 30 min of a 3-min NMDAR activation by glycine, even in the absence of dopamine; thus, the cortico-striatal co-culture system is useful for examining the specific role of glutamate receptor activity in shaping SPN physiology and cortico-striatal synapses. While our primary aim was to provide a characterization of structural plasticity in SPNs and how these may differ from principal excitatory neurons, we offer several ideas on how these assays can be refined and built upon. These could easily be applied to examining activity-dependent plasticity in disease models, particularly those in which altered glutamatergic transmission and aberrant structural plasticity may play a pathophysiological role, and in which SPNs have shown distinct vulnerability.



DATA AVAILABILITY STATEMENT

The raw data supporting the conclusions of this article will be made available by the authors upon request, without undue reservation.



ETHICS STATEMENT

The animal study was reviewed and approved by Canadian Council on Animal Care.



AUTHOR CONTRIBUTIONS

NK and AM designed the study and co-wrote the manuscript. With supervision from AM, NK conducted all experiments, analyzed data, interpreted results, and made figures. MW and LQ-R helped with image processing and analysis. MF provided scientific input and supervisory support throughout. All authors contributed to the article and approved the submitted version.



FUNDING

This work was funded by the Natural Sciences and Engineering Research Council of Canada (Canadian Graduate Student scholarship for NK), Parkinson’s Society Canada (scholarship for NK; new investigator grant for AM), the Canadian Foundation for Innovation (experimental equipment), the Fonds de la recherche en santé du Quebec (salary award AM), McGill University (AM) and the University of British Columbia (NK, AM, MF).



ACKNOWLEDGMENTS

We would like to thank Liping Cao and Brittney Smaila of the Centre for Applied Neurogenetics for their help with cell culturing and genotyping, and Lilly Zhang and Lynn Raymond for the use of D2 BAC cultures.


ABBREVIATIONS

SPN, striatal projection neuron; D1R, Drd1 dopamine receptor; D2R, Drd2 dopamine receptor; LTP, long-term potentiation; LTD, long-term depression; TTX, tetrodotoxin; DIV, days in vitro; AP5, D-(−)-2-Amino-5-phosphonopentanoic acid; CNQX, 6-cyano-7-nitroquinoxaline-2, 3-dione disodium salt; mEPSC, miniature excitatory post-synaptic current; cLTP, chemical LTP; PTX, picrotoxin; NGS, normal goat serum; PBS, phosphate-buffered saline; RT, room temperature.


SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fncel.2021.569031/full#supplementary-material.

SUPPLEMENTARY FIGURE 1 | Synapsin-1 total dendritic density, and spine-/filopodia-specific changes in Synapsin-1 puncta following chronic and acute silencing. Additional analysis to quantify the effects of glutamatergic silencing on Synapsin-1 puncta at select dendritic protrusions as opposed to the full dendritic arbor. In a subset of images (5–10 per culture) in chronic (A) and acute (B) silencing experiments, ROIs were created around a sample of spines and any visible filopodia on secondary or tertiary dendrites of GFP-expressing SPNs, to calculate the integrated density (intensity) of Synapsin-1 in the corresponding raw images. (A) There were no changes in total dendritic Synapsin-1 cluster density in chronic TTX silencing experiments; analysis of dendritic spines and filopodia showed a significant reduction in Synapsin-1 integrated intensity on spines following silencing (Kruskal–Wallis test, ****p < 0.0001), with post-hoc tests indicating that the 3× TTX condition was reduced compared to the 2× TTX condition and control (Uncorrected Dunn’s test; **p = 0.008 and ****p < 0.0001, respectively), whereas there was no significant difference between 2× TTX and control (p = 0.291). In contrast, Synapsin-1 signal on filopodia was significantly higher in the 2× TTX condition when compared to control (Kruskal–Wallis test, ***p = 0.0008; post-hoc Uncorrected Dunn’s test, *p = 0.034) and compared to the 3× TTX condition (***p = 0.0002). (B) Acute (24 h) silencing experiments, with separate analysis for dendritic spines and filopodia. There were no changes in total dendritic Synapsin-1 cluster density in 24 h acute TTX silencing experiments. On spines, both the Silencing (TTX only) and Total Silencing (TTX + APV + CNQX) conditions showed significantly increased Synapsin-1 integrated intensity compared to control (Kruskal–Wallis test, ****p < 0.0001; post-hoc Uncorrected Dunn’s Test, ****p < 0.0001 for both). Additionally, the Total Silencing condition had a significantly greater increase compared to the Silencing condition (***p = 0.0003). In contrast, there was no significant difference in Synapsin-1 signal on filopodia (Kruskal–Wallis test, p = 0.838).
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Somatosensory neurons (SSNs) densely innervate our largest organ, the skin, and shape our experience of the world, mediating responses to sensory stimuli including touch, pressure, and temperature. Historically, epidermal contributions to somatosensation, including roles in shaping innervation patterns and responses to sensory stimuli, have been understudied. However, recent work demonstrates that epidermal signals dictate patterns of SSN skin innervation through a variety of mechanisms including targeting afferents to the epidermis, providing instructive cues for branching morphogenesis, growth control and structural stability of neurites, and facilitating neurite-neurite interactions. Here, we focus onstudies conducted in worms (Caenorhabditis elegans), fruit flies (Drosophila melanogaster), and zebrafish (Danio rerio): prominent model systems in which anatomical and genetic analyses have defined fundamental principles by which epidermal cells govern SSN development.

Keywords: epidermis, somatosensory neuron, axon and dendrite development, C. elegans, Drosophila, zebrafish


INTRODUCTION

Why focus on these model systems? Our understanding of patterns and mechanisms of Somatosensory neuron (SSN) innervation in human skin is limited by several challenges. First, human skin exhibits remarkable diversity in its structure across anatomical locations, varying in thickness, permeability, and cellular composition. Single-cell RNA-seq (scRNA-seq) studies demonstrate the presence of multiple distinct subpopulations of fibroblasts, keratinocytes, and other dermal cells at various locations in mammalian skin (Joost et al., 2016, 2020; Cheng et al., 2018; Philippeos et al., 2018). For example, analysis of human scalp, foreskin, and trunk skin revealed eight keratinocyte subtypes that were present in varying relative proportions and exhibited significant transcriptional differences across anatomical sites (Cheng et al., 2018).

Second, in addition to differences in resident skin cells, patterns and densities of SSN innervation vary across skin types and anatomical locations. These regional specializations have been extensively characterized in the mammalian touch system, where innervation density correlates with tactile acuity (Johansson and Vallbo, 1979; Paré et al., 2002; Mancini et al., 2014). Tactile afferents densely innervate distal limbs, providing high tactile acuity, with hands and feet showing gradients in innervation (Corniani and Saal, 2020). Likewise, humans exhibit spatially distinct response properties to nociceptive stimuli, with the spatial acuity for nociceptive inputs higher on fingertips than in neighboring skin (Mancini et al., 2013).

Third, a precise accounting of the type, number, and distribution of SSNs innervating human skin is incomplete, as is the catalog of peripheral arborization patterns. Historical classifications of conduction velocity and fiber diameter undersample SSN cell type diversity, and while scRNA-seq studies are rapidly expanding the molecular taxonomy of SSNs in mice (Usoskin et al., 2015; Nguyen et al., 2017; Sharma et al., 2020), measures of SSN diversity remain understudied in humans. Likewise, until recently, peripheral arborization patterns of mammalian SSNs were largely uncharacterized. Sparse genetic labeling techniques have closed this gap in mice, with more than a dozen morphological classes of cutaneous arbors identified in recent years (Badea et al., 2012; Wu et al., 2012; Rutlin et al., 2014; Bai et al., 2015; Kuehn et al., 2019; Neubarth et al., 2020; Li and Ginty, 2014; Olson et al., 2017). Many of these arbors form specialized structures with skin cells that are essential to SSN function, underscoring the importance of skin cell contributions to SSN development.

The model systems discussed here (C. elegans, Drosophila, D. rerio) provide solutions to many of these problems. Chief among them, these organisms offer transparent skin and ex utero development that renders SSNs optically accessible, providing a direct window into SSN development in vivo. These systems also offer sophisticated genetic toolkits that facilitate manipulation of gene function with single-cell resolution, reagents to simultaneously and independently visualize skin cells and SSNs, and a repertoire of epidermal cells and SSNs whose developmental origins and peripheral morphologies are defined.


C. elegans

The compact nervous system, invariant lineage and morphological stereotypy of C. elegans neurons (Sulston et al., 1983; White et al., 1986; Corsi et al., 2015) have facilitated genetic screens for factors that influence SSN morphogenesis. C. elegans hermaphrodites have only 302 neurons and possess both sensory neurons that innervate the epidermal layer (also known as the hypodermis) and motor neurons that traverse the body and receive instructive epidermal cues. The touch receptor neurons (TRNs), sensory neurons PVD and FLP, and motor neurons provide instructive examples of different modes of epidermal signaling that contribute to skin innervation patterns. First, the bipolar mechanosensory TRNs ALM and PLM (anterior and posterior lateral microtubule cells) extend distinctive anterior and posterior processes, and their polarized outgrowth is controlled by epidermal cues. Epidermal cells ensheath axons of these neurons, providing insight into the developmental origin and function of this specialized epidermis-SSN interaction (Figure 1A). Second, PVD and FLP function as polymodal nociceptors (Chatzigeorgiou et al., 2010; Mohammadi et al., 2013) and elaborate highly branched dendritic arbors (Albeg et al., 2011; Figures 1B,C). PVD neurons have a stereotypic menorah-like dendritic arbor shape that branches at regular positions and in regular orientations (Smith et al., 2010), providing a sensitive and highly quantitative system for analyzing dendrite morphogenesis. These dendrites grow at the interface of muscle and epidermal cells (Oren-Suissa et al., 2010), and a series of genetic screens revealed signaling systems involving adhesive interactions with muscle and epidermal cells that shape dendrite morphogenesis (Dong et al., 2013; Salzberg et al., 2013). Finally, motor neurons run adjacent to the epidermis, from which they receive guidance cues and epidermal phagocytic activity influences synapse maintenance at the neuromuscular junction (NMJ; White et al., 1986; Cherra and Jin, 2016).
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FIGURE 1. Anatomy of C. elegans somatosensory neurons (SSNs) and skin. (A) Position of the touch receptor neurons ALM and PLM, and schematic depicting epidermal ensheathment of touch receptor neurons (TRNs) shown in cross-section. (B) PVD neuron position and schematic depicting PVD interactions with muscle and epidermal cells. (C) Cross-sectional anatomy of C. elegans adult.



C. elegans skin is comprised of a simple epidermis that secretes an apical cuticle consisting of a collagenous extracellular matrix (ECM) and is surrounded on the basal surface by a basement membrane (BM; Chisholm and Hsiao, 2012; Figure 1C). This epidermis is primarily composed of a multinucleate syncytium of hypodermal cells that forms during embryonic development, prior to the peripheral innervation by sensory neurons. The epidermal primordium forms on the dorsal surface of gastrulation stage embryos, undergoes epiboly to generate an embryonic skin, and finally, epidermal cells fuse with one another to generate epidermal syncytia (Podbilewicz and White, 1994; Chisholm and Hsiao, 2012). This process is largely complete by mid-embryogenesis, yielding nine distinct hypodermal syncytia, the largest of which (hyp7) spans the majority of the animal. The adult skin additionally contains terminally differentiated seam cells, lateral hypodermal cells embedded on the apical face of hyp7 that fuse in adult worms. Of note, seam cell divisions that occur during larval stages give rise to a variety of neurons and support cells (Chisholm and Hsiao, 2012).



Drosophila

The Drosophila larval peripheral nervous system (PNS) has served as a powerful experimental system for analysis of SSN dendrite morphogenesis, cell spacing, and dendrite-epidermis interactions that shape innervation patterns. Unlike vertebrate dorsal root ganglion (DRG) neurons, cell bodies of Drosophila SSNs are located in the periphery, where sensory organ precursors delaminate from the ectoderm early during embryogenesis and give rise to neurons in a highly stereotyped spatiotemporal birth order (Bodmer et al., 1989). The larval PNS is segmentally organized (Figure 2A), with each abdominal segment consisting of a fixed number of SSNs with stereotyped positions, morphologies, functional properties, and developmental trajectories (Singhania and Grueber, 2014). Thus, as in C. elegans, a given neuron can be reproducibly identified and assayed.
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FIGURE 2. Anatomy of Drosophila SSNs and skin. (A) Organization of the larval abdominal peripheral nervous system (PNS) depicting neurons discussed in this review (left) and cross-sectional view depicting the relative position of epidermal cells, apical cuticle, basement membrane (BM), and SSN dendrites (right). Note that es neurons and subsets of md neurons are omitted from the schematic. (B) Peripheral territories of Drosophila SSNs. Schematic depicts dendritic territories of C4da (nociceptors, red), C3da (gentle touch receptors, purple), and C1da (proprioceptors, yellow) neurons and distribution of epidermal cells in a representative abdominal hemisegment. Schematic adapted from Grueber et al. (2002) and Parrish et al. (2009). (C,D) Confocal micrographs of representative (C) C4da and (D) C1da neurons are shown. Image credits: C4da neuron (Peng et al., 2015); C1da neuron (Lin et al., 2015) under the Creative Commons License.



Drosophila embryonic/larval SSNs fall into two general types: type I and type II neurons. Type I neurons have a single unbranched dendrite and innervate external sense (es) organs or chordotonal (cho) organs; as discussed below, studies of cho neuron development have revealed roles for epidermal cues in guiding SSN migration and orienting dendrite outgrowth (Kraut and Zinn, 2004; Mrkusich et al., 2010). Type II multi dendrite (md) neurons include the dendrite arborization (da) neurons, whose highly branched dendrite arbors have been intensively studied for more than 20 years (Gao et al., 1999). While peripheral glia ensheath SSN axons and cell bodies, the glial sheaths extend only a few microns into the dendritic compartment (Yadav et al., 2019), providing a system to study direct epidermis-dendrite interactions.

Da neurons fall into four classes (Class I–IV) on the basis of larval dendrite arborization patterns (Grueber et al., 2002). These morphological classes correspond to functional types as axon laminar targeting (Grueber et al., 2007) and responses to sensory stimuli (Hughes and Thomas, 2007; Song et al., 2007; Xiang et al., 2010; Tsubouchi et al., 2012; Yan et al., 2013) correlate with dendritic morphology. Studies in Drosophila have been particularly instructive in identifying epidermal mechanisms that influence SSNs in a type-specific manner. Dendrites of da neurons innervate a two-dimensional territory at the basal surface of the epidermis, with arbors of different types of neurons intermingling while exhibiting distinct geometry, targeting, and occupying distinct areas (Figures 2A–D; see also Figure 4). Remarkably, each of these parameters is controlled by epidermal cues.
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FIGURE 3. Anatomy and remodeling of zebrafish SSNs and skin. (A) Overview of changes to the skin and SSNs that occur during the larval-to-adult transition. (B) Anatomy of Rohon-Beard (RB) neurons in larval zebrafish. Top, illustration of the typical morphology of larval RB neurons along the trunk (left) and a transverse section through the epidermis (right). Bottom, partial reconstruction of a larval RB. Note that the peripheral axon predominantly arborizes along the dorsal-ventral (DV) axis. (C) Anatomy of dorsal root ganglion (DRG) neurons in adult zebrafish. Top, illustration of the typical morphology of DRG neurons innervating the adult scale epidermis along the trunk (left) and a transverse cross section through the epidermis surrounding a radial DRG axon bundle (right). Bottom, maximum intensity projections showing keratinocytes [labeled by Tg(krt4:GFP)] and DRG peripheral axons [labeled by Tg(p2rx3a:lexa;lexaop:mCherry)]. Note that the radial nerve bundles (arrowheads) orient anterior-posterior (AP) along the scale surface. Micrographs in (C) adapted from Rasmussen et al. (2018), with permission from Elsevier.
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FIGURE 4. Ensheathment of SSN neurites by epidermal cells. (A) Serial block face scanning electron microscopy micrograph depicting ensheathed (purple) dendrites innervating the Drosophila larval epidermis. (B) Confocal micrograph depicting epidermal ensheathment of Drosophila SSNs. In this image, SSNs are labeled with a membrane-targeted fluorescent protein (green) and epidermal PIP2-positive lipid microdomains are labeled by PLCδ-PH-GFP (magenta), which accumulate at epidermal cell-cell junctions (cyan arrows) and at epidermal sheaths (magenta arrows) (B’). (B”) Ensheathed and unensheathed dendrites often occupy overlapping lateral domains, and this is illustrated by the ensheathment of C4da dendrites (magenta) at sites of overlap with C1da dendrites (pseudo-colored yellow). (C) Developmental sheath assembly in C. elegans and Drosophila. TRN axons (ALM, PLM) are situated adjacent to dorsal muscle at the L1 stage, but following epidermal rearrangement in the L4 stage, the skin ensheaths TRN axons. Drosophila SSN dendrites grow on the basal surface of epidermal cells during embryonic and early larval development. Dendrites from a subset of these neurons (primarily dendrites of C4da neurons, indicated in red) induce membrane invagination and epidermal sheath assembly in third instar larvae. By contrast, unensheathed dendrites (yellow) remain at the basal epidermal surface. (D) Free nerve endings in human skin form cytoplasmic tunnels oriented perpendicular to the skin surface (indicated by white arrows) in keratinocytes within the stratum basale (SB) and stratum spinosum (SS) layers before arborizing within the stratum granulosum (SG; Talagas et al., 2020b). (E) Molecular components of Drosophila epidermal sheaths. Image credits: images in (A–C) are adapted from Jiang et al. (2019) under the Creative Commons License.



The larval epidermis derives from ~2,000 blastodermal precursors (Lohs-Schardin et al., 1979) that give rise to ~1,000 terminally differentiated epidermal cells per segment (Jiang et al., 2014). These cells form a monolayer of polarized epithelial cells with a basal lamina (Prokop et al., 1998), an apical cuticle, and lateral junctional domains (Figure 2A). Notably, the cell divisions that populate the larval epidermis occur during embryogenesis, and larval skin grows by epidermal cell expansion rather than cell division. As a result, spatial relationships between epidermal cells and SSNs can be traced throughout larval development (Parrish et al., 2009; Jiang et al., 2014).

Each larval segment contains >10 different epidermal cell types, transcriptionally specified on the basis of their position along the anterior-posterior (AP) axis within each parasegment (DiNardo et al., 1994). One manifestation of these different cellular identities is the stereotyped segmentally repeating pattern of cuticular protrusions on the apical surface of the epidermis, referred to as denticles (Lohs-Schardin et al., 1979; Bejsovec and Wieschaus, 1993). Although the positional information encoded in these different cell types likely influences dendrite morphogenesis, morphogenetic differences of these different epidermal cell types are not readily apparent on their basal surface. Instead, the monolayer of epidermal cells is composed primarily of tiled epidermal cells with a collagen-rich BM (Borchiellini et al., 1996), interspersed with apodemes, which serve as sites of body wall muscle attachment. In addition to these two prominent cell types, the epidermal layer contains stem cells (histoblasts) that repopulate the epidermis after metamorphosis, the resident neurons innervating the epidermis, and their accessory cells. Underneath the BM, the larval skin contains a number of non-epidermal cells that likely contribute to SSN development including specialized secretory cells (oenocytes), hemocytes (Drosophila blood cells), and muscle.



D. rerio

Like C. elegans and Drosophila, D. rerio (zebrafish) have distinct experimental advantages for the analysis of SSN/skin interactions. Zebrafish are amenable to forward and reverse genetic screens; reverse genetic manipulation is particularly attractive since the large, externally fertilized eggs are easy to inject with antisense morpholino oligonucleotides or CRISPR-Cas9 ribonucleoprotein complexes. The small size of the larvae and automated behavioral assays additionally make high-throughput chemical screens feasible (Curtright et al., 2015).

Relative to C. elegans and Drosophila, zebrafish have additional anatomical complexity of both SSNs and skin (Figure 3). Larval zebrafish possess two types of SSNs—trigeminal (TG) and Rohon-Beard (RB) neurons—that originate from the neural plate border in neurula stage embryos and innervate the epidermis. TG and RB neurons generally share gene expression signatures, genetic requirements, and functional properties. Anatomically, TG neurons form bilaterally symmetric ganglia immediately posterior to the eyes, whereas RB neurons form along the rostral-caudal axis of the spinal cord. Whereas invertebrate SSNs elaborate peripheral processes with dendritic characteristics (containing mixed microtubule polarity, satellite secretory machinery, etc.; reviewed in Rolls and Jegla, 2015), vertebrate SSNs extend a single process that bifurcates to form central and peripheral projections both with axonal characteristics (reviewed in Nascimento et al., 2018). Zebrafish TG and RB neurons project peripheral axons that travel a short distance (dozens of microns) before reaching the epidermis where they branch profusely (O’Brien et al., 2012; Figure 3B). TG peripheral axons innervate the epidermis of the head and anterior yolk, whereas RB peripheral axons innervate the epidermis of the posterior yolk, trunk, and larval fin fold (Sagasti et al., 2005). TG somata reside in the TG ganglia and their central axons project caudally before entering the hindbrain. By contrast, RB somata localize in the dorsal spinal cord and their central axons run rostrally and caudally within the spinal cord. The central axons of both populations form connections with higher–order CNS neurons (Kimmel et al., 1990a; Palanca et al., 2013). TG and RB populations can be further divided into subtypes based on molecular markers (Slatter et al., 2005; Pan et al., 2012; Gau et al., 2013, 2017; Palanca et al., 2013), although the precise number and functional properties of the subtypes remain incompletely characterized.

A third population of SSNs, DRG neurons, develop at a later stage compared to RB and TG neurons. DRG neurons originate from the neural crest and form segmentally repeating ganglia adjacent to the spinal cord containing the DRG somata. In larvae, DRG peripheral axons appear to navigate to the periphery between muscle quadrants (Reyes et al., 2004), although this organization has not been extensively analyzed. DRG central axons penetrate the spinal cord through the dorsal root entry zone (Smith et al., 2017; Nichols and Smith, 2019) and elaborate projections within the spinal cord. Intriguingly, at these larval stages DRG neurons do not express many of the sensory receptors that function in TG and RB neurons (e.g., Piezo2b, Trpv1, Trpa1b; Prober et al., 2008; Pan et al., 2012; Faucherre et al., 2013; Gau et al., 2013; Esancy et al., 2018), suggesting that DRG neurons mature at a later stage and/or have distinct functional properties in larvae.

In contrast to the monolayered epidermal structures of worms and flies, zebrafish larvae have a bilayered epidermis. The (outer) periderm layer is derived from the enveloping layer (Kimmel et al., 1990b), which forms an early barrier between embryonic cells and the aquatic environment (Kiener et al., 2008). By contrast, the (inner) basal layer is derived from ventral ectoderm and forms later in development (Bakkers et al., 2002). Given these disparate origins, it is not surprising that periderm and basal cells have distinct genetic requirements. For example, specification of the basal, but not periderm, layer requires expression of an isoform of tumor protein 63 (Tp63) lacking N-terminal sequences (ΔNp63; Bakkers et al., 2002; Lee and Kimelman, 2002). The two epidermal layers also have distinct morphological features: the apical surface of the periderm is covered by labyrinthine actin-based structures known as microridges (Lam et al., 2015), whereas the cuboidal basal layer is attached to an underlying BM via hemidesmosomes (Sonawane et al., 2005). TG and RB axonal processes penetrate through the ECM and arborize directly between the periderm and basal layers (O’Brien et al., 2012). At these early larval stages, the epidermis contains additional cell types such as ionocytes, which regulate zebrafish skin physiology (Chang and Hwang, 2011).

During post-larval stages, both the skin and somatosensory system significantly remodel (Figure 3A). As the skin expands during post-larval growth, it undergoes two major morphogenetic changes. First, the bilayered epidermis begins to stratify through the proliferation of the Tp63-positive basal cell layer (Guzman et al., 2013; Rangel-Huerta et al., 2021). As the skin stratifies, the larval periderm is sloughed off and replaced by basal cell derivatives (Lee et al., 2014). Second, elements of the dermal skeleton, including scales and fin rays, form and reshape the overlying epidermis (Le Guellec et al., 2004; Parichy et al., 2009). In addition to these changes in the skin, the zebrafish somatosensory system also remodels during post-larval growth with DRG neurons eventually replacing RB neurons along the trunk. Early studies suggested that RB neurons were largely eliminated via apoptosis as early as 3 dpf (days post fertilization; Williams et al., 2000; Cole and Ross, 2001; Svoboda et al., 2001). However, several studies found that at least some RB neurons survive past 5 dpf (Reyes et al., 2004; Slatter et al., 2005; Palanca et al., 2013). Recent longitudinal tracking of RB neurons for ~2 weeks demonstrated that surviving RB neurons undergo morphological changes (Williams and Ribera, 2020), perhaps indicating why early studies based on histology concluded that they disappeared. How does the elimination of RB neurons correspond to when DRG neurons innervate the trunk? Imaging of a DRG-specific reporter and analysis of mutants lacking DRG, but not RB, neurons, suggested that the transition in SSNs may occur during scale morphogenesis (Rasmussen et al., 2018), much later than originally proposed. Strategies that allow unambiguous long-term tracking of RB neurons would help clarify when exactly the switch in skin innervation occurs and how this transition corresponds to the events of skin organogenesis.




CONTROL OF INNERVATION PATTERNS WITHIN THE EPIDERMIS BY SECRETED CUES

Vertebrate embryology studies dating back over a century provided some of the first evidence that epidermal cues govern SSN arbor growth. In Harrison’s seminal studies, epidermal tissue promoted sprouting of DRG neurons in spinal cord explants (Harrison, 1910). By contrast, amputation of limb buds demonstrated that SSN innervation requires peripheral tissues (Shorey, 1909). Forty years after Shorey’s studies, Viktor Hamburger and Rita Levi-Montalcini demonstrated that peripheral tissues supply pro-survival cues to SSNs (Hamburger and Levi-Montalcini, 1949), providing the conceptual framework for the neurotrophin hypothesis and discovery of the first neurotrophin, nerve growth factor (NGF). Neurotrophins are perhaps the most widely studied family of extrinsic factors regulating SSN development, with innervation patterns governed by skin expression of neurotrophins and SSN expression of the cognate receptor. The many roles of neurotrophins in vertebrate SSN growth, survival, maintenance, and synapse formation have been extensively reviewed (Harrington and Ginty, 2013). Here, we focus on other classes of epidermal signals that shape SSN arbors.

Chemoattractants and repellents classically studied for roles in midline axon guidance comprise one major group of epidermal guidance cues that orient SSN neurite position in the periphery; gradients of growth factors similarly contribute to innervation patterns. Studies of axon targeting provided early indications that epidermal sources of secreted guidance cues shape SSN innervation. For example, circumferential migration of pioneer axons in C. elegans relies on epidermal UNC-5/Netrin (Hedgecock et al., 1990), graded epidermal Slit expression guides longitudinal axon outgrowth in C. elegans (Hao et al., 2001), and embryonic PNS axon pathfinding to the CNS in Drosophila (Parsons et al., 2003). Epidermal expression patterns for these molecules have not been systematically examined, but genetic studies demonstrate key principles of how they shape SSN peripheral arbors. First, these guidance molecules are expressed in discrete spatiotemporal epidermal domains, facilitating regional control of skin innervation. Second, a given guidance cue can exert distinct functions in different contexts. Third, these molecules act in combination: a given neuron can respond to multiple cues, sometimes at different stages. Fourth, individual neurons can respond to different guidance cues within the same territory, with a given guidance molecule acting on a subset of SSNs that encounter it. This selectivity is presumably achieved via cell type-specific expression of guidance receptors, facilitating neuron type-specific patterns of skin innervation.


Regional Control of Skin Innervation

Somata of invertebrate SSNs are located in the periphery, where localized epidermal guidance cues orient process outgrowth. In C. elegans, ALM and PLM neurons extend a long anterior-directed process that branches and forms synapses, and a short posterior-directed process that neither branches nor forms synapses (Figure 1A). Both ALM and PLM rely on extrinsic Wnt signals to orient neurite outgrowth, but with distinct receptor-ligand pairs. Mutations in lin-44 and lin-17, which encode a Wnt ligand and its receptor Frizzled, respectively, invert PLM neurite outgrowth (Hilliard and Bargmann, 2006; Prasad and Clark, 2006). LIN-17/Frizzled functions in PLM neurons, where it is targeted to posterior neurites, and expression of LIN-44/Wnt in posterior epidermal cells acts to polarize LIN-17 distribution in PLM (Herman et al., 1995; Hilliard and Bargmann, 2006). However, ectopic LIN-44 expression in anterior hypodermal domains partially rescued lin-44 mutant PLM polarity defects, suggesting that additional positional cues may aid in orienting PLM neurite outgrowth (Hilliard and Bargmann, 2006). The situation with ALM is more complex: five Wnt ligands contribute to ALM outgrowth (Prasad and Clark, 2006; Chien et al., 2015), one of which (LIN-44) acts in an inhibitory fashion (Fleming et al., 2010). ALM utilizes distinct Wnt receptors from PLM, with the receptor MOM-5/Frizzled and kinase CAM-1/Ror required for Wnt-mediated ALM polarity. CAM-1/Ror provides an additional level of control, as CAM-1 exhibits antagonistic non-autonomous functions, presumably to inhibit inappropriate polarization.

Local epidermal guidance molecules similarly direct polarized outgrowth of Drosophila SSN neurites. Chordotonal (cho) organs contain bipolar mechanosensory neurons that extend a single unbranched dendrite, and a subset of these neurons (v’ch1 and lch5) migrate along the epidermis to their final position, rotating during migration to orient dendrite outgrowth (Bier et al., 1990; Salzberg et al., 1994). v’ch1 and lch5 take different routes, migrating dorsally and ventrally, respectively, and utilize distinct targeting mechanisms. Epidermal Netrin guides v’ch1 neurons; mutations in Netrin-A (NetA) or frazzled (fra), which encodes an attractive DCC (deleted in colorectal cancer) family Netrin receptor, prevent v’ch1 migration and randomize the direction of dendrite outgrowth (Mrkusich et al., 2010). A patch of epidermal cells express NetA at the v’ch1 migratory destination during embryogenesis (Mitchell et al., 1996; Mrkusich et al., 2010), and ectopic NetA expression in lateral epidermis mistargets v’ch1 neurons. In this context, Fra functions in accessory cap cells that extend processes and migrate dorsally towards the Netrin source, pulling v’ch1 neurons to their final destination. Amphid neurons in C. elegans utilize a similar morphogenetic mechanism; these neurons form a multicellular rosette with accessory cells, and the tip of the rosette is tethered by adhesive interactions to migratory epidermal cells and towed to the nose (Fan et al., 2019). By contrast, lch5 neurons require Robo receptors and Slit for their guidance (Parsons et al., 2003; Kraut and Zinn, 2004; Gonsior and Ismat, 2019). Although Slit sources that guide lch5 migration have not been defined, mesodermal cells and lateral epidermal cells express Slit at the time of lch5 migration (Parsons et al., 2003).

A related mechanism determines the afferent innervation pattern of a class of low threshold mechanoreceptors (Aδ-LTMRs) in mouse skin, in which a local secreted factor orients neurite positioning (Rutlin et al., 2014). Aδ-LTMR fibers innervate hair follicles in a polarized fashion that corresponds to their directional tuning of hair deflection, and this polarized innervation depends on the neurotrophin brain-derived neurotrophic factor (BDNF) from the hair follicle epithelium. Caudal hair follicle epithelial cells selectively express BDNF, and conditional BDNF knockout in hair follicles attenuates the polarization of Aδ-LTMR endings.



One Guidance Cue, Multiple Functions

Studies of Robo receptor function in Drosophila SSNs illustrate the multifunctional role of some epidermal guidance molecules in SSN development. First, Robo-mediated cho axon guidance away from the periphery and cho migration/orientation in the epidermis likely depend on distinct sources of repulsive Slit signals. Da neuron dendrite patterning also involves Robo function at multiple morphogenetic steps, but with added complexity. Da neurons are clustered at regular segmental locations (Figure 2A), each containing multiple neuron classes whose dendrites intermingle (Grueber et al., 2002). Dorsal cluster da neurons initially target dendrites dorsally towards the midline (Gao et al., 1999; Sugimura et al., 2003), and mutations in Slit, Robo1, and to a lesser degree Robo2 lead to exuberant dorsal dendrite elongation in C4da neurons (Dimitrova et al., 2008), suggestive of repellent activity from the dorsal midline. One plausible model is that Robo receptors accumulate on nascent dendrite tips in C4da neurons, as in lch5 neurons (Kraut and Zinn, 2004; Gonsior and Ismat, 2019), to prevent dendrite growth beyond receptive field boundaries. Although the relevant Slit sources have not been identified, myocardial cells near the dorsal midline (Qian et al., 2005) and muscle attachment sites at segment boundaries (Kramer et al., 2001) produce Slits. Of note, other da neurons exhibit similar dorsal-directed outgrowth and express Robo receptors, yet only C4da neurons require Robo for proper dorsal outgrowth; whether differential Robo trafficking, coreceptors, or downstream transduction machinery is responsible for these differences remains to be determined.

Following embryonic outgrowth, Robo promotes dendrite branching and branch dynamics in larval C4da neurons: Robo1 mutant single neuron clones exhibit significantly fewer terminal dendrite branches, and Robo1 overexpression drives terminal dendrite stabilization and elongation (Dimitrova et al., 2008). Slit ligands display branch-promoting activities in zebrafish and mouse TG peripheral axons (Yeo et al., 2004; Ma and Tessier-Lavigne, 2007), so the requirement for Robo1 in C4da neurons could reflect another branch-promoting activity for Slit. Antibody staining suggests that larval da neurons express Slit, hence spatially and temporally distinct Slit sources may tune guidance and growth of the same dendrite arbor via repulsive and attractive mechanisms. Intriguingly, one protease that mediates N-terminal Slit cleavage and conversion to an attractive cue has been identified (Kellermeyer et al., 2020), so it seems plausible that different forms of Slit mediate these different functions. Alternatively, one or more of these Robo functions may include non-Slit ligands: Robo functions as a coreceptor for Wnts and Netrins (Zelina et al., 2014; Wang and Ding, 2018).



One Neuron, Multiple Guidance Cues

During metamorphosis, C4da neurons prune their dendrite arbors (Kuo et al., 2005), and yet another set of guidance cues shape subsequent dendrite regrowth. As in larvae, adult C4da dendrites tile the dorsal and lateral body wall, with ddaC and v’ada dendrites filling adjacent domains in a non-overlapping fashion (Shimono et al., 2009). Similarly, ddaC dendrites constrain dorsal growth of v’ada arbors, but ventral-directed branches terminate before encountering contralateral v’ada dendrites at the midline (Yasunaga et al., 2015). Thus, limited growth capacity or inhibitory signals constrain the ventral extent of v’ada arbors. Consistent with the latter, v’ada dendrites terminate at sternites, and genetic removal of sternites led to the ventral expansion of v’ada dendrite arbors. A genetic screen revealed that Wnt5 mutation similarly drove the ventral expansion of v’ada dendrites, and indeed sternites express Wnt5, which concentrates at the dendrite-sternite boundary. Within neurons, Wnt5 repulsive cues are transduced by the Ryk receptor tyrosine kinases Derailed (Drl) and Drl2, which signal through the Rho guanine nucleotide exchange factor (GEF) Trio and Rho1 to locally destabilize the actin cytoskeleton and prevent dendrite extension beyond the Wnt5 source (Yasunaga et al., 2015).

Wnt signaling confers positional information for peripheral branch placement in C. elegans as well. The anterior-directed PLM process branches once at a stereotyped time and location, with F-actin coalescing into a patch at the future branch site prior to branching (Chen et al., 2017). Secreted Wnts signal through the receptor MIG-1/Frizzled to antagonize F-actin assembly, restricting branching at inappropriate locations along the AP axis. This Wnt signaling functions in concert with attractive Netrin cues that direct the PLM branch ventrally, and although the source for this Netrin cue has not been defined, epidermis-derived heparan sulfate proteoglycans (HSPGs) may contribute to the signaling (see below). Finally, as described above, oriented PLM neurite outgrowth relies on a distinct combination of guidance receptor and epidermal guidance cues.



Combinatorial Functions of Guidance Signals

Studies of Drosophila Netrin (NetB) and Wnt (Wingless) ligands illustrate two additional principles of peripheral guidance by secreted cues. First, extrinsic guidance signals can work in concert with intrinsic mechanisms for neurite spacing to fine-tune peripheral arborization patterns. Self-avoidance signaling mediated by the Drosophila homophilic adhesion molecule Dscam1 promotes sister dendrite spacing in da neurons (reviewed in Zipursky and Grueber, 2013), but the loss of Dscam1 drives inappropriate C3da dendrite targeting towards cho organs (Matthews and Grueber, 2011). This targeting is a consequence of Fra-mediated attraction towards NetB, which is expressed by accessory cells of the lch5 cho organ. Second, concentration gradients of secreted cues encode positional information in the epidermis. The Drosophila C1da neuron ddaE has a posterior facing comb-like dendritic arbor that develops in a highly stereotyped sequence (Sugimura et al., 2003; Parrish et al., 2006). Prior to ddaE dendrite outgrowth, the posterior epidermal cells within each abdominal segment exhibit graded expression of the Wnt ligand Wingless, with the most concentrated patch of Wingless dorsal to ddaE (Li et al., 2016). In this context, Wingless acts as a repellent for ddaE dendrite growth, with the trajectory of dorsally and ventrolaterally-directed branches shaped by the Wingless concentration gradient. Genetic epistasis analysis supports a cell-autonomous role for Frizzled receptors in transducing the Wingless signal in neurons, in part through controlling activity of the small GTPase Rac. However, in the absence of Wingless signaling, ddaE branches still largely orient along the AP axis suggesting that additional guidance cues orient these branches (see below).




EPIDERMAL GROWTH-PROMOTING SIGNALS

SSNs have extreme growth requirements, in many cases projecting axons over vast distances and elaborating expansive peripheral arbors. Furthermore, peripheral arbors of SSNs exhibit cell type-specific diversity in their size, morphology, and developmental timing. While many of these features are a product of cell type-specific transcriptional (Dong et al., 2015) and translational programs (Lin et al., 2015), the epidermis controls important aspects of SSN growth. Different types of SSNs coexist in the periphery and experience the same extracellular cues, so how do epidermal cues tune SSN growth in a cell type-specific fashion? An emerging mechanism for this SSN type-specific growth control is signaling through receptors whose expression or signaling capacity is limited to specific types of SSNs.


Permissive Signals for Neurite Growth

Genetic studies in Drosophila revealed that epidermis-derived HSPGs control skin innervation in a cell type-specific fashion. Genetic manipulations blocking HS chain biogenesis in epidermal cells severely disrupted dendrite growth in C4da neurons, but not other da neurons (Poe et al., 2017). Likewise, simultaneously knocking down epidermal expression of the HSPGs Dally (a GPI-anchored glypican) and Syndecan interfered with C4da dendrite growth. HSPGs are ECM components that signal locally through interactions with cell surface receptors and influence long–range signaling through effects on morphogen diffusion. HSPG control of C4da dendrite growth was local: blocking HSPG biogenesis in patches of epidermal cells disrupted dendrite growth over that patch but not over neighboring cells. Intriguingly, HSPGs do not appear to disrupt dendrite growth over apodemes; this may reflect spatial differences in growth-promoting cues within the epidermis. How do HSPGs regulate dendrite innervation? Time-lapse imaging revealed that HSPGs locally stabilize nascent dendrites, likely a consequence of dendritic microtubule stabilization. In the context of synapse development, syndecans and glypicans signal through receptor protein tyrosine phosphatases (RPTPs; Condomitti and de Wit, 2018), however, known RPTPs that bind Dally and Syndecan were dispensable for C4da dendrite growth (Poe et al., 2017). Hence, neuronal receptors responsive to Drosophila epidermal HSPGs remain to be identified. Finally, HSPGs may also regulate epidermal signal transduction that supports SSN neurite growth, as a recent study identified epidermal requirements for the RPTP CLR-1 in PVD dendrite growth (Liu et al., 2016).

In contrast to the relatively simple organization of the invertebrate epidermis, vertebrate skin is composed of a multi-layer stratified epidermis, presenting vertebrate SSNs with additional targeting decisions, including navigation to the periphery and guidance to the proper cell layer. Epidermal lesion studies in chicks revealed that, in addition to survival cues required to maintain peripheral projections, embryonic epidermis provides signals that promote skin innervation (Martin et al., 1989). Genetic studies in zebrafish revealed that epidermal HSPGs comprise one of these cues (Wang et al., 2012). Although HSPGs are present throughout the embryo, they are enriched in the epidermis, particularly the BM where axons enter the skin, suggestive of a role in directing skin innervation. Indeed, inactivating leukocyte antigen-related (LAR) family RPTPs disrupted skin innervation by RB neurons, leading peripheral arbors to branch and arborize beneath the skin, whereas wild-type neurons branch only after entering the skin. More importantly, genetic mutations that perturbed HSPG synthesis prevented appropriate skin innervation by RB neurons, as did exogenous application of an enzyme (heparinase) that degrades HSPGs. The latter treatment was particularly illuminating as focal heparinase injection created small patches of HSPG-deficient skin, and RB axon innervation was locally reduced within these HSPG-deficient patches.

In addition to effects on local neurite-ECM interactions, epidermal HSPGs can exert effects at a distance to create permissive growth environments. For example, ventral axon guidance of C. elegans AVM mechanosensory neurons requires Netrin secreted from the ventral midline (Hedgecock et al., 1990), and recent studies suggest this UNC-6/Netrin signaling relies on the hypodermal expression of the HSPG LON-2 (Blanchette et al., 2015). First, lon-2 mutants exhibit axon guidance defects that resemble unc-6 mutants. Intriguingly, cultured cells secrete LON-2 and hypodermal expression of a secreted form of LON-2 fully rescues lon-2 function in AVM axon guidance. The finding that secreted LON-2 associates with UNC-40/DCC-expressing cells in vitro supports a model that LON-2 directly or indirectly interacts with UNC-40/DCC to modulate Netrin signaling and defines a new mode of signaling for epidermal-derived HSPGs. Similarly, the HSPG UNC-52/Perlecan appears to control dendrite branching of PVD neurons through effects on the extracellular environment that influence UNC-40/DCC-Netrin signaling (Celestrin et al., 2018).



Growth Control by Secreted Factors

Drosophila C4da neurons are space-filling neurons with the most expansive dendrite arbors among da neurons. Homotypic repulsive signals govern receptive field boundaries and dendrite spacing in these neurons, but the TGF-β ligand Maverick (Mav) controls the density of body wall innervation (Hoyer et al., 2018). Epidermal cells secrete Mav, and ectopic Mav expression in patches of epidermal cells leads to localized increases in innervation. Likewise, mav knockdown in small epidermal patches locally decreases the dendrite density, whereas knockdown in large patches broadly affects C4da dendrite branching, suggestive of local and long–range effects on dendrite growth. How does Mav control dendrite branching? Mav signals through the receptor tyrosine kinase Ret, and C4da neurons internalize Mav in a Ret-dependent manner. Mav exhibits limited diffusion, so following dendrite growth into territories containing Mav, extracellular Mav is depleted by internalization, constraining exuberant growth.

These studies raise several interesting questions. First, what is the nature of the signal transduction pathway by which Ret locally controls dendrite growth? Loss of Ret or mav enhances dendrite dynamics, suggesting that Ret-Mav signaling promotes dendrite stabilization (Hoyer et al., 2018). Further, Ret mutation leads to local F-actin accumulation in dynamic dendrite branches, and Ret functions together with Rac to mediate integrin-based ECM adhesion (see below; Soba et al., 2015), so it seems likely that Ret-Mav signaling likewise modulates dendritic cytoskeletal assembly. Second, what coreceptor contributes to Ret-dependent dendrite growth control? Ret signals together with a variety of membrane proteins including the GPI-linked family Ret coreceptors GFRα1–3 (Harrington and Ginty, 2013), ephrins (Bonanomi et al., 2012), and integrins (Soba et al., 2015), however, Drosophila lacks identifiable GFRα homologs, hence Ret-Mav signaling is likely GFRα-independent. The most plausible candidate is integrin given the requirement for Ret in integrin-mediated ECM adhesion in these dendrites (see below). Third, how are short- and long-range Ret signaling coordinated? Mav exerts short and long-range effects on C4da dendrite growth, yet Mav exhibits limited diffusion, so internalized Mav likely regulates growth throughout the arbor. In vertebrates, internalized Ret-GDNF complexes mediate long–range retrograde signaling from the periphery together with GFRα1–3 (Harrington and Ginty, 2013; Tuttle et al., 2019), but short–range signaling events have been less extensively characterized. Drosophila Ret contains a single isoform, so this system presents an opportunity to parse local and long–range Ret signaling functions without the additional complexity of Ret isoforms with different intracellular domains and trafficking properties (Tsui and Pierchala, 2010; Tuttle et al., 2019). Finally, does Ret similarly regulate SSN peripheral arbor growth together with TGF-β ligands in vertebrates? Approximately 60% of mammalian DRG neurons express Ret (Molliver et al., 1997), but studies of Ret control of epidermal innervation patterns have largely focused on GDNF signaling (Luo et al., 2007, 2009).

In addition to locally producing and secreting growth-promoting factors, epidermal cells coordinate diffusible cues provided from other sources; studies of C. elegans PVD dendrite morphogenesis illustrate this form of growth control. The secreted factor LECT-2 is a muscle-derived cue required for PVD higher-order dendrite branching (Díaz-Balzac et al., 2016; Zou et al., 2016). LECT-2 accumulates at sites of dendrite formation in the epidermis, where it interacts with SAX-7/L1CAM. Epidermal SAX-7/L1CAM functions as part of an intercellular multiprotein complex together with the neuronal leucine-rich repeat protein DMA-1 and the secreted protein MNR-1 that drives dendrite branching (see below), and epistasis analyses demonstrated that LECT-2 functions together with this complex (Díaz-Balzac et al., 2016; Zou et al., 2016). Indeed, immunoprecipitation and cell aggregation assays demonstrated that LECT-2 enhances DMA-1/MNR-1/SAX-7 complex formation (Zou et al., 2016), hence an epidermal receptor (SAX-7) cooperates with a long–range signal (LECT-2) to spatially pattern dendrite growth.

Finally, an underexplored question is the extent to which epidermal cues attenuate neurite growth and/or drive denervation of territories after peripheral arbors have been established. Drosophila epidermal cells constrain SSN dendrite growth to ensure the synchronous expansion of dendrites and epidermis during larval growth, and this growth inhibition relies on direct physical coupling of dendrites to epidermal cells (ensheathment, see below) as well as increased epidermis-ECM adhesion that is thought to reduce the permissivity of the ECM to dendrite growth (Parrish et al., 2009). One intriguing study from C. elegans provides an example of epidermal signals that drive dendrite regression. Dendrites of PVD neurons exhibit age-dependent degeneration; an epidermally expressed antimicrobial peptide (AMP), NLP-29, triggers this degeneration (Lezi et al., 2018). NLP-29 expression increases during aging or in response to infection and signals through a neuronal GPCR (NPR-12) to induce autophagy-mediated dendrite degeneration. Human skin cells express a diverse array of AMPs, some of which are induced by injury and deregulated in skin diseases (Kenshi and Gallo, 2008), so it will be intriguing to determine whether AMP-mediated autophagy drives neurite degeneration in human skin.




CONTROL OF SSN NEURITE POSITION BY ECM INTERACTIONS

A complex repertoire of direct and indirect adhesive interactions between neurites, the ECM, and epidermal cells precisely position SSN neurites (Figure 4). Dendrites of Drosophila da neurons arborize in a mostly 2D space on the basal surface of epidermal cells, positioned by integrin attachments to the BM (Han et al., 2012; Kim et al., 2012) that is likewise tethered to the epidermis by epidermal integrins (Jiang et al., 2014). Dendrite attachment to the BM requires epidermis-derived laminins, and reducing expression of neuronal integrins or epidermal laminins causes dendrites to reorient in 3D space and become embedded inside epidermal cells (see below; Han et al., 2012; Kim et al., 2012). This axial repositioning results in out-of-plane dendrite-dendrite crossing events, demonstrating that ECM attachment is required to position neurites for avoidance signaling in Drosophila. Likewise, early anatomical studies of vertebrate SSNs noted that growing neurites readily cross below the innervated skin territories and only insert into the basal lamina when they reach non-innervated skin (Scott et al., 1981; Hayes and Roberts, 1983; Kitson and Roberts, 1983), suggesting that repulsive interactions between neurites requires ECM interactions and/or confinement to a 2D plane.

Dendrite positioning in da neurons is further regulated by additional factors that indirectly mediate ECM attachment. First, Ret functions together with integrins to regulate dendrite-ECM attachment (Soba et al., 2015). Ret additionally interacts with Rac, a GTPase, to regulate dendritic F-actin distribution and, similar to Ret mutants, Class IV da neurons with compromised Rac function are no longer confined to a 2D plane. It, therefore, appears that ECM adhesion by Ret/integrin regulates the actin cytoskeleton via Rac. Second, epidermally-secreted Semaphorin Sema-2b signals through neuronal Plexin B to activate the NDR family kinase Tricornered (Trc), which promotes ECM adhesion (Meltzer et al., 2016). Constitutive Trc activation suppresses ECM detachment defects of Sema-2b mutants, and Ndr kinases regulate integrin-based adhesions in multiple contexts: Trc inactivation in C4da results in ECM detachment defects (Han et al., 2012), one additional cell surface receptor (Raw) mediates integrin-based adhesions via Trc activation (Lee et al., 2015), and Ndr2 regulates integrin trafficking in hippocampal neurons (Rehberg et al., 2014). Given that PlexB receptors bind the beta-integrin Mys in dendrites, receptor activation of Trc may locally modulate integrin-based ECM contacts. Finally, indirect interactions with the ECM contribute to the positioning of sensory dendrites in both Drosophila and C. elegans (Jiang et al., 2014; Liang et al., 2015).

In contrast to these invertebrate systems, SSNs in vertebrates navigate through more complex skin, which presents several additional challenges. First, different neurons terminate in different dermal and epidermal layers, innervating particular territories within those layers. For example, peptidergic nociceptors terminate in the stratum spinosum (SS), whereas non-peptidergic nociceptors project through the SS and innervate the stratum granulosum (SG; Zylka et al., 2005). Differences in ECM composition across the skin likely direct these innervation patterns. Indeed, epidermal stem cells in mouse hair follicles deposit EGF-like domain multiple 6 (EGFL6) into the collar matrix, which ensheathes mechanosensory lanceolate complexes (Cheng et al., 2018), and axons of low threshold mechanoreceptors form stable integrin-based contacts with EGFL6. These attachments promote parallel patterning of axons and terminal Schwann cells in lanceolate complexes and also contribute to tactile acuity. Beyond this example, expression analyses of mammalian skin demonstrate that integrin expression varies across skin layers (Watt, 2002), that different dermal layers express different ECM components and contain different fibroblast populations (Rognoni and Watt, 2018), and that epidermal layers exhibit gradients of different proteoglycans (Sanderson et al., 1992), each of which likely shapes local innervation patterns. The latter is of note given the roles for proteoglycans as permissive cues for Drosophila C4da dendrites and the enrichment of zebrafish HSPGs beneath the basal cell layer which RB axons innervate (Wang et al., 2012).

As the vertebrate skin grows, not only does it stratify, but it also adds appendages, such as scales, feathers, and hair. As these appendages present significant local obstacles to epidermal innervation, how does the somatosensory system deal with this challenge? In adult zebrafish, scales are planar polarized, millimeter-sized bony plates that form a protective armor immediately below the epidermis. Analysis of the adult scale epidermis revealed that, in striking contrast to the larval trunk where RB peripheral axons arborize as individual fibers in a predominantly dorsal-to-ventral orientation, DRG peripheral axons entering the adult epidermis form bundles directed along the AP axis (Figures 3B,C; Rasmussen et al., 2018). In contrast to the “naked” larval peripheral axons, neural crest-derived Schwann cells ensheath these bundles, which run alongside vasculature (Figure 3C), similar to mammalian skin (Mukouyama et al., 2002). Developmental and genetic analysis demonstrated that axons and vascular patterning are mutually independent, but require scale osteoblast-mediated patterning. Early during scale morphogenesis, directed migration by a subset of scale osteoblasts creates radial tracts encased by a laminin-rich ECM along the scale surface. Axons, and later vasculature, then access the skin by migrating through these tracts. Blocking scale development resulted in significantly reduced axon and vascular density and a larval-like polarity of axon arborization. Mutants with reversed scale polarity also showed reversed axon polarity. Together, these results indicate that scales are necessary and sufficient for locally orienting axons in adult zebrafish. As described above, a conceptually similar polarized orientation of SSN axon fibers around mouse hair follicles requires epithelial expression of BDNF (Rutlin et al., 2014). In future studies, it will be interesting to assess whether SSN guidance along scales involves similar molecules or, rather, relies on an alternative mechanism such as haptotaxis.



DIRECT ADHESIVE INTERACTIONS THAT POSITION SOMATOSENSORY NEURITES

As with secreted factors, gradients of epidermal adhesion molecules influence peripheral arbor distribution, and studies of the Teneurin family homophilic adhesion molecule Ten-m demonstrate how a single adhesion molecule can dictate different arbor geometries in different neurons (Hattori et al., 2013). Ten-m expression is graded in the Drosophila larval epidermis, with expression high at the center and low at anterior and posterior boundaries of each segment, facilitating a gradient of homophilic Ten-m interactions that provides directional preference to dendrites. Indeed, high Ten-m expressing C1da dendrites strongly orient their dendrite branches along the epidermal Ten-m gradient, whereas low Ten-m expressing C4da dendrites exhibit directional preference only in the high-expressing epidermal Ten-m domain. Teneurins organize the cytoskeleton at synapses in part through contacts with alpha-spectrin, hence Ten-m adhesions could orient dendrite branches through direct control of cytoskeletal geometry (Mosca, 2015).

Do teneurins position SSN neurites in other systems? In C. elegans, neurons and epidermal cells express teneurin (TEN-1; Mörck et al., 2010), but ten-1 mutants exhibit pleiotropic phenotypes, including defects in axon guidance along the flank and hypodermal cell migration (Drabikowski et al., 2005). Genetic interaction studies suggest that TEN-1 functions in BM assembly or maintenance in C. elegans (Topf and Drabikowski, 2019), and physical interactions between teneurins and other membrane receptors including integrins and latrophilin raise the possibility that vertebrate teneurins may mediate skin innervation by a variety of mechanisms. What other homophilic adhesion molecules might serve an analogous role in mammalian skin? Cadherins are appealing candidates given the many functions for cadherin-based adhesion in nervous system development and the graded expression of desmosomal cadherins in epidermal layers (Schäfer et al., 1994).

In C. elegans, dendrites of mechanosensory PVD neurons innervate the muscle-epidermis interface (Figures 1B,C), and control of PVD dendrite arbor geometry by interactions between neuronal DMA-1 (a leucine-rich repeat transmembrane protein) and the epidermal SAX-7/L1CAM and MNR-1/Menorin co-ligand complex provides the most extensively characterized paradigm for the spatial patterning of dendrite arbors by direct interactions with the hypodermis (reviewed in Richardson and Shen, 2019; Jin and Kim, 2020). In this system, neuronal DMA-1 interacts with hypodermal SAX-7/L1CAM (an immunoglobulin superfamily cell adhesion molecule) and MNR-1 to spatially pattern primary, secondary, and tertiary PVD dendrites (Dong et al., 2013; Salzberg et al., 2013). The patterned distribution of SAX-7 in regular hypodermal stripes positions terminal PVD dendrites, and depleting SAX-7 or altering its distribution leads to loss or mistargeting of terminal dendrites, respectively (Dong et al., 2013; Salzberg et al., 2013; Liang et al., 2015; Zhu et al., 2017). Exclusionary interactions with the muscle-derived HSPG UNC-52/Perlecan controls SAX-7 distribution in the epidermis (Liang et al., 2015). UNC-52 is a major component of the ECM that covers muscle, with UNC-52 tethered to muscle in a striped pattern by virtue of integrin-based contacts. UNC-52 regulates the position of hypodermal hemidesmosomes, which connect hypodermal cells to the ECM, and SAX-7 interdigitates between UNC-52 stripes, which in turn directs growth of PVD 4° branches by interaction with DMA-1 and MNR-1. Signaling downstream of DMA-1 involves two distinct transduction mechanisms that promote F-actin assembly: recruitment of the Rac GEF TIAM-1 through interactions with the DMA-1 intracellular domain, and indirect recruitment of the WAVE complex via DMA-1 interactions with the claudin HPO-30 (Zou et al., 2016; Tang et al., 2019).

L1CAM/Neuroglian (Nrg) likewise regulates dendrite positioning of Drosophila SSN dendrites, albeit by a slightly different mechanism. In flies, epidermal cells and SSNs express Nrg isoforms which differ in intracellular but not extracellular domains and are therefore capable of interacting (Yamamoto et al., 2006; Yang et al., 2019). A series of genetic manipulations of neuronal (Nrg180) or epidermal (Nrg167) isoforms demonstrated that dendrite spacing in the epidermis critically depends on the balance of Nrg dendrite-dendrite and dendrite-epidermis interactions (Yang et al., 2019). Epidermal Nrg167 expression promotes dendrite arborization, potentially through stabilization of dendritic Nrg180. Furthermore, reduced Nrg167 expression in the skin or increased Nrg180 expression in neurons led to inappropriate bundling of dendrites. Hence, Nrg167 appears to tether dendrites to epidermal cells, counteracting the bundling induced by Nrg180 homophilic interactions.



SPECIALIZED EPIDERMAL-SSN INTERACTIONS

Many types of cutaneous receptors form specialized terminal structures with epidermal components that contribute to somatosensation (reviewed in Owens and Lumpkin, 2014). For example, low threshold mechanoreceptor afferents form synapse-like contacts with Merkel cells (Mihara et al., 1979), which respond to mechanical stimuli and tune gentle touch responses (Maksimovic et al., 2014). Similarly, afferent interactions with radially packed Schwann cell-derived lamellar cells in Pacinian corpuscles facilitate high–frequency sensitivity (Loewenstein and Skalak, 1966). Less is known about the structural and functional coupling of keratinocytes to SSN free nerve endings that innervate the epidermis, but studies in worms, flies, and fish have identified the developmental origin and potential functions of epidermal sheaths that wrap these SSN neurites.


Developmental Origins of Ensheathment

Anatomical studies dating back more than 50 years suggested that epidermal cells physically wrap portions of free nerve endings (Munger, 1965). However, the lack of suitable markers for labeling the neurons meant that ensheathed neurites (also referred to as “enclosed” neurites in some studies, e.g., Han et al., 2012; Kim et al., 2012) could not be unambiguously distinguished from other peripheral cell extensions, such as dendritic processes of Langerhans cells (Kruger et al., 1981). Serial-section electron microscopy studies provided one solution to this problem; following SSN axons as they exit Schwann cells and insert into keratinocytes established that SSN axons indeed insert into epidermal cells (Cauna, 1973, 1980). Ultrastructural studies of C. elegans TRNs revealed that the hypodermis wraps neurites of ALM and PLM (Chalfie and Sulston, 1981), and studies in C. elegans provided the first clues about the developmental origin of epidermal sheaths. In newly hatched larvae, TRN neurites are located adjacent to the muscle (Emtage et al., 2004). During larval growth, the hypodermis extends between the TRN neurite and muscle, displacing the neurite from its position adjacent to the muscle and ensheathing the neurite (Figure 4C). Drosophila and zebrafish epidermal cells similarly wrap SSN neurites, with sheaths forming by membrane invaginations that wrap membranes around the entire circumference of the sensory neurite (Han et al., 2012; O’Brien et al., 2012; Kim et al., 2012). The wrapping epidermal membranes are tightly apposed to one another and the ensheathed neurites, embedding the neurites in a mesaxon-like structure that can extend over lengths of several microns or more (O’Brien et al., 2012; Jiang et al., 2019) and encompass >30% of C4da dendrite arbors in Drosophila (Jiang et al., 2018).

How are sheaths formed? Studies in Drosophila and zebrafish defined an evolutionarily conserved pathway for this morphogenetic event (Jiang et al., 2019). The earliest discernable event in this pathway is the formation of phosphatidylinositol 4,5-bisphosphate (PIP2)-enriched microdomains on epidermal membranes adjacent to sensory neurites (Figure 4E). As epidermal membranes invaginate to ensheath neurites, these microdomains extend along the entire length of the sheath. PIP2 is a negatively charged phospholipid that recruits proteins to the plasma membrane (De Craene et al., 2017), and PIP2 enrichment at nascent sheaths is followed by recruitment of the GTPase Rho1 and filamentous actin (F-actin) to the cortex of the epidermal membrane surrounding the invaginating neurite (Jiang et al., 2019). Finally, junctional proteins are recruited to sheaths, where they may seal sheaths and limit sheath permeability (Kim et al., 2012; Jiang et al., 2019). The nature of these autotypic junctions is not fully defined, but zebrafish sheaths contain both adherens junctions and desmosomes (Jiang et al., 2019), whereas Drosophila sheaths contain adherens junction (E-cadherin, β-catenin/armadillo) and numerous septate junction proteins (Discs large, Coracle/Band4.1, Nrg/L1CAM, Neurexin-IV, and Scribble, among others; Kim et al., 2012; Tenenbaum et al., 2017; Jiang et al., 2019; Yang et al., 2019). Although the molecular basis for the recruitment of these junctional proteins remains to be determined, studies in Drosophila suggest one plausible mechanism. Cora, the sole Drosophila erythrocyte membrane protein band 4.1 (EPB41) family member, is required for sheath formation, and EPB41 proteins function as interaction hubs that organize specialized plasma membrane domains (reviewed in Baines et al., 2014). Within the nervous system, the EPB41 family protein EPB41L2/4.1G is concentrated at membranes of Schwann cells (Ohno et al., 2006) and plays essential roles in Schwann cell ensheathment, in part through organizing glial transmembrane proteins (Ivanovic et al., 2012; Terada et al., 2019). Similarly, Cora organizes septate junctions (SJs) via interactions with Neurexin-IV and Nrg/L1CAM (Lamb et al., 1998; Ward et al., 1998) and is required for accumulation of Nrg at sheaths (Yang et al., 2019). Epidermal sheaths are enriched in PIP2, purified recombinant versions of the Cora FERM domain directly bind PIP2 (Nunomura et al., 2014), and PIP2 binding modulates EPB41 family binding specificity for membrane proteins (An et al., 2006). Hence, PIP2 accumulation may drive epidermal sheath maturation via the recruitment of Cora/EPB41.

The deep conservation of the pathway for sheath formation suggests that similar events likely govern sheath formation in mammals. However, sheaths may form by alternative pathways as well. Epidermally-embedded dendrites lacking identifiable sheath structures have been described in Drosophila (Han et al., 2012). Although these structures may represent instances of sheath loss, time-lapse imaging demonstrates that sheaths are remarkably stable structures (Jiang et al., 2019). Furthermore, the spatial distribution of these structures, which occur at epidermal intercellular junctions, is distinct from the majority of ensheathed dendrites, which occur on the basal face of epidermal cells. Some features of C. elegans sheaths likewise appear to be unique. First, C. elegans sheaths form by extending hypodermal cell membranes around target neurites rather than membrane invagination. Following hypodermal wrapping of TRN neurites, hemidesmosome structures form, anchoring neurite attachment to the hypodermis (Vogel and Hedgecock, 2001). Second, a specialized ECM surrounds ensheathed TRN neurites (Emtage et al., 2004); a specialized sheath ECM has yet to be identified in fish or flies.



Sheath Organization

Several key principles governing sheath distribution have emerged. First, SSN ablation prevents sheath formation in Drosophila and zebrafish alike (Jiang et al., 2019) and sheath structures appear only at sites of neurite contact, suggesting that neurons initiate the process. Second, although epidermal cells ensheath different classes of SSNs to different degrees in both Drosophila and zebrafish (Jiang et al., 2019), the epidermal sheaths that wrap different SSN types appear structurally similar. Ablation studies have not revealed competitive interactions between neurons for sheaths, suggesting that competition for limited epidermal occupancy does not determine ensheathment levels. Thus, the levels of sheath-inducing signals(s) expressed by a particular SSN type likely determines the extent of ensheathment. Third, sheath formation is temporally regulated. In flies, worms, and fish SSNs innervate the epidermis hours or days prior to sheath formation (Emtage et al., 2004; O’Brien et al., 2012; Jiang et al., 2014). Fourth, sheaths generally contain only a single neurite (Jiang et al., 2019; Talagas et al., 2020b), possibly the consequence of neurite-neurite avoidance signals that limit neurite coincidence at sites of sheath formation (Yang et al., 2019). Fifth, different epidermal cell types have different capacities for ensheathment, and this is especially true in animals with a multilayered epidermis. In Drosophila larvae, most epidermal cells appear capable of forming sheaths with the notable exception of apodemes (Jiang et al., 2019). In the bilayered zebrafish larval epidermis, sensory axons innervate the region between the periderm and basal cell layer but only basal cells ensheath axons (O’Brien et al., 2012); similarly, structures resembling epidermal sheaths are apparent in the outer but not inner layers of the stratified human epidermis (Figure 4D; Talagas et al., 2020b). Recent studies characterizing transcriptional differences between these different epidermal cell types may facilitate identification of ensheathment machinery (Cheng et al., 2018; Cokus et al., 2019).

What are the identities of signals that drive sheath formation? First, integrins function cell-autonomously in SSNs to limit ensheathment: integrin knockdown enhances ensheathment of all SSNs, including normally unensheathed neurons (Han et al., 2012; Kim et al., 2012). Likewise, attenuating epidermal laminin production potentiates ensheathment (Han et al., 2012), suggestive of a dynamic interplay between adhesive interactions that drive ensheathment and ECM interactions that limit ensheathment. Dendrite-epidermis tethering mediated by Nrg/L1CAM potentiates epidermal SSN ensheathment (Yang et al., 2019). However, ensheathment is still observed in the absence of Nrg167 expression, Nrg167 mediates epidermal attachment of ensheathed and unensheathed dendrites alike, and Nrg180 levels do not covary with the level of ensheathment in different SSNs. Hence, additional signals likely dictate patterns of sheath formation.



Functions of Epidermal Sheaths

Epidermal sheaths serve a variety of functions in SSN morphogenesis. First, epidermal ensheathment facilitates the coexistence of different SSN arbors in Drosophila. Most da neuron dendrites occupy a 2D territory on the basal surface of epidermal cells (Han et al., 2012; Kim et al., 2012; Lee et al., 2015), but ensheathed portions of arbors shift apically inside the epidermal monolayer, allowing other da neurons to innervate unoccupied basal space and “share” territory (Figures 4A,B,E; Tenenbaum et al., 2017).

Second, epidermal sheaths regulate SSN branching and structural plasticity (Jiang et al., 2014; Lee et al., 2015; Tenenbaum et al., 2017). After establishing complete body wall coverage, C4da dendrite structural plasticity is progressively restricted (Parrish et al., 2009), with epidermis and C4da arbors expanding in synchrony. In Drosophila larvae, the epidermally-expressed microRNA bantam (ban), controls this developmental restriction of C4da plasticity (Parrish et al., 2009). Loss of ban function completely blocks epidermal ensheathment and causes dendrites to branch exuberantly. ban regulates ensheathment in part by increasing epidermal integrin expression and hence promoting epidermis-ECM interactions (Jiang et al., 2014). A similar mechanism may regulate permissivity to neurite growth in mammalian skin given the regional differences in integrin expression (Watt, 2002). Ban may additionally regulate the competence of epidermal cells to ensheath SSNs as ban expression precedes ensheathment and accelerating the timing of ban expression leads to precocious ensheathment and epidermal plasma membrane invagination (Parrish et al., 2009; Jiang et al., 2014). As with ban mutants, knockdown of epidermal factors required for sheath formation including Cora/Band 4.1 leads to changes in dendrite branch number and dynamics (Tenenbaum et al., 2017; Jiang et al., 2019). Finally, within the dendritic arbor of a single neuron, unensheathed dendrites exhibited enhanced dynamics and were less persistent than ensheathed dendrites. Therefore, epidermal sheaths promote dendrite stabilization and constrain dendrite growth.

Epidermal sheaths likewise promote long-term TRN axon maintenance in C. elegans. Longitudinal imaging demonstrated that mutations preventing TRN ensheathment caused blebbing and degeneration of adult TRN neurites (Pan et al., 2011). What is the source of these maintenance defects? One plausible explanation is that sheaths protect TRN neurites from mechanical damage. Indeed, a genetic screen for TRN stabilization factors identified requirements for epidermal UNC-70/β-spectrin and the Rab GTPase RAB-35 in sheath formation and protection of TRNs from mechanical damage (Coakley et al., 2020). UNC-70/β-spectrin and a RAB-35 GAP, TBC-10, accumulate along TRN sheath furrows. Inactivation of either unc-70 or tbc-10 led to deficits in TRN ensheathment, loss of hemidesmosome structures, which resist mechanical stress (Zhang et al., 2011), and TRN degeneration at sites of sheath loss (Coakley et al., 2020). Mutations that paralyzed C. elegans suppress these phenotypes, strongly suggesting that mechanical strain associated with locomotion drives hemidesmosome loss and axon fragmentation in unc-70 and tbc-10 mutants.

Finally, epidermal sheaths modulate SSN function in certain contexts. Blocking epidermal sheath assembly or maturation in Drosophila attenuates responses to noxious mechanical stimuli (Jiang et al., 2019). By contrast, epidermal wrapping of touch cells in C. elegans does not affect touch sensitivity (Chen and Chalfie, 2014), suggesting that structurally distinct sheaths can serve different functions. Keratinocytes release compounds that can modulate SSN function (Woolf et al., 1997; Koizumi et al., 2004; Moehring et al., 2018), hence it seems plausible that epidermal sheaths could function as release sites that functionally couple sheath-forming epidermal cells and SSNs. Such a scenario would be reminiscent of Merkel cell communication with SSNs (Mihara et al., 1979; Maksimovic et al., 2013, 2014; Woo et al., 2014; Hoffman et al., 2018). While some studies have suggested that keratinocytes express presynaptic release machinery that may be involved in neurotransmitter release (Talagas et al., 2020a), these studies are currently limited to in vitro co-culture experiments of DRG neurons and keratinocytes, so whether such contacts form in vivo remains to be determined. Some of the proteins that localize to epidermal sheaths, including Cora/Band 4.1 and Nrg/L1CAM, play established roles in synaptic organization, so it will be intriguing to see whether sheaths function as scaffolds for the release of signaling molecules that modulate SSN activity.




EPIDERMAL PRUNING OF SSNs

Both developmental remodeling and damage-induced degeneration of neurites require nearby phagocytes to aid in the pruning or removal of debris. On a tissue level, pruning or timely removal of debris after neurite degeneration is of paramount importance to reduce inflammation caused by lingering cell debris and facilitate possible reinnervation of target sites (reviewed in Coleman and Höke, 2020). This is a particular challenge for the skin given the enormous size, density, and complexity of peripheral cutaneous neurites, where a single ending in the mouse skin can reach ~1 meter in length (Wu et al., 2012).

In many other contexts, “professional” phagocytes mediate neuronal and neurite removal (e.g., microglia in the mammalian CNS). What are the cells that mediate engulfment and digestion of neurite debris in the skin? Surprisingly, neither macrophage-like hemocytes in Drosophila nor hematopoietic-derived cells in zebrafish play major roles in SSN debris engulfment in larval skin (Han et al., 2014; Rasmussen et al., 2015). These observations suggest that regulation of SSN homeostasis involves specialized aspects of the skin microenvironment and/or molecular mechanisms. Indeed, “non-professional” epithelial cells are the major phagocytic cell type for SSN debris in the epidermis of larval worms, flies, and zebrafish (Han et al., 2014; Rasmussen et al., 2015; Nichols et al., 2016). For example, in Drosophila larvae, epidermal cells mediate developmental pruning of C4da dendritic arbors (in particular, ddaC) and engulf dendrite debris generated via laser-induced damage (Han et al., 2014). Similarly, both layers of the larval zebrafish epidermis engulf axonal debris following laser-induced degeneration of SSN arbors (Figures 5A,B; Rasmussen et al., 2015). Interestingly, zebrafish epidermal cells can also engulf debris from other axonal or cell types, suggesting they are not tuned to recognize only SSN debris, and that studies of the mechanisms underlying neurite recognition and engulfment may yield broader insights into skin repair.
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FIGURE 5. Engulfment of synapses or neurite debris by epidermal cells. (A) A synapse to be eliminated or a damaged neurite undergoes recognition, engulfment, and degradation by the surrounding epidermal cells. The currently identified molecular machinery for these processes is listed in the table. (B) Time-lapse microscopy of engulfment and degradation of SSN axon debris by epidermal cells following axotomy in larval zebrafish. Green arrowheads indicate engulfment and internalization of axon debris [labeled by Tg(isl1[ss]:lexa;lexaop:tdTomato)] into epidermal phagosomes [labeled by TgBAC(p63:Gal4FF); Tg(4×UAS:EGFP-2×FYVE)]. Blue arrowheads indicate acidification of the phagosomal compartments as visualized by Lysotracker staining. Micrographs in (B) reprinted from Rasmussen et al. (2015) under the Creative Commons License.



Epidermal and non-epidermal cells (such as glia) often rely on the same set of phagocytic machinery to recognize and engulf synapses, cell corpses, or debris (Figure 5A). In Drosophila, many studies have focused on Draper (drpr), an engulfment receptor, as an important component in both epidermal and non-epidermal phagocytic clearance of axon debris (Awasaki et al., 2006; MacDonald et al., 2006; Han et al., 2014). Indeed, pruning and engulfment of debris by fly epidermal cells depends on Draper (Han et al., 2014). Similarly, in worms, engulfment of axonal debris requires CED-1, a Draper homolog (Nichols et al., 2016). Additional work in C. elegans found that ZIG-10, a two-immunoglobulin domain transmembrane protein, regulates CED-1/Draper-mediated synapse clearance in the epidermis (Cherra and Jin, 2016). Similar to glia, epidermal cell engulfment involves reorganization of the actin cytoskeleton (via Rac1, CED-10, and WASp) downstream of engulfment receptors (Nichols et al., 2016). Lastly, exposure of phosphatidylserine by SSN neurites likely acts as a molecular cue for engulfment by epidermal cells, similar to pruning in the CNS and engulfment of apoptotic cells (Ravichandran, 2010; Sapar et al., 2018; Scott-Hewitt et al., 2020).

What is the fate of internalized neurite debris? Studies of the intracellular processing of debris in epidermal cells have revealed both old and new requirements. In zebrafish, debris acidification and processing requires the Rab5/Rab7 endosome maturation pathway classically used by professional phagocytes (Rasmussen et al., 2015). Epidermal phagosome maturation in Drosophila requires the CD36 family member Croquemort (crq; Han et al., 2014), which had been previously studied for its role in the clearance of apoptotic corpses in Drosophila (Franc et al., 1999). Furthermore, an RNAi screen identified debris buster, a novel component of the phagosome maturation pathway, highlighting the potential for studies of SSN degradation as a gene discovery tool for phagocytic regulators (Han et al., 2014).

Questions remain about epidermal involvement in neurite pruning and debris removal in adult animals, as well as whether these features are conserved in mammalian systems. Intriguingly, one recent study in mice found that epidermal SSN fibers often reside directly beneath keratinocyte tight junctions that form below the outer, cornified layer (Takahashi et al., 2019). In instances where new tight junctions are forming, epidermal keratinocytes can prune cutaneous neurites to keep them below the tight junctions. In a mouse model of epidermal barrier impairment (Spade) and in human skin samples from patients with atopic dermatitis (AD), epidermal fibers often penetrate through the tight junction barrier and avoid pruning by keratinocytes. These observations raise the interesting possibility that aspects of pathological itch in AD may be due to aberrant SSN pruning by epidermal cells. It is possible that similar mechanisms may be at play in other skin diseases, lending to their pathologies, but this requires more careful investigation.



FUTURE PROSPECTS

Despite the recent progress, substantial questions remain to be answered about epidermal control of SSN innervation. One pressing question is the extent to which epidermal diversity contributes to innervation patterns. A necessary prerequisite to answering this question is a deeper sampling of epidermal cell types. Even within model systems, this question is understudied, hence leveraging positional information embedding in the Drosophila body plan and/or comparative analysis of zebrafish epidermal cells should provide insight into diverse epidermal functions in control of SSN innervation. How are epidermal signals integrated over space (long- and short–range) and time? C. elegans presents an appealing system to address these questions, given the morphological stereotypy and limited cellular diversity. Finally, how do different SSNs achieve type-specific innervation patterns in response to similar extracellular cues? Neuron type-specific expression of receptors for these cues has been a focus of recent study, but additional mechanisms likely contribute including cell- and context-dependent signal transduction, as well as spatial tuning of receptivity to signals within SSN arbors.
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Neurons utilize plasticity of dendritic arbors as part of a larger suite of adaptive plasticity mechanisms. This explicitly manifests with motoneurons in the Drosophila embryo and larva, where dendritic arbors are exclusively postsynaptic and are used as homeostatic devices, compensating for changes in synaptic input through adapting their growth and connectivity. We recently identified reactive oxygen species (ROS) as novel plasticity signals instrumental in this form of dendritic adjustment. ROS correlate with levels of neuronal activity and negatively regulate dendritic arbor size. Here, we investigated NADPH oxidases as potential sources of such activity-regulated ROS and implicate Dual Oxidase (but not Nox), which generates hydrogen peroxide extracellularly. We further show that the aquaporins Bib and Drip, but not Prip, are required for activity-regulated ROS-mediated adjustments of dendritic arbor size in motoneurons. These results suggest a model whereby neuronal activity leads to activation of the NADPH oxidase Dual Oxidase, which generates hydrogen peroxide at the extracellular face; aquaporins might then act as conduits that are necessary for these extracellular ROS to be channeled back into the cell where they negatively regulate dendritic arbor size.
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INTRODUCTION

Neurons are inherently plastic and their ability to respond to changes in synaptic transmission or activity patterns is central to many processes, from learning and memory (Martin et al., 2000; Stuchlik, 2014) to homeostatic adjustments that stabilize circuit function (Turrigiano and Nelson, 2000; Pozo and Goda, 2010; Wefelmeyer et al., 2016; Frank et al., 2020). We recently identified reactive oxygen species (ROS) as novel signals required for activity-regulated plasticity. ROS have long been known to affect neuronal development and function. Commonly associated with pathological conditions, ageing and disease, the roles of ROS as signalling molecules under normal physiological conditions are much less understood (Milton et al., 2011; Oswald et al., 2018b; Peng et al., 2019). At present, hydrogen peroxide (H2O2) is thought to be the species predominantly required for homeostatic maintenance of synaptic transmission at the neuromuscular junction in Drosophila larvae, and for adaptive structural changes of synaptic terminal arbors following periods of over-activation. H2O2 is also sufficient to induce structural changes that largely phenocopy effects of over-activation, suggesting that ROS mediate plastic adjustments downstream of neuronal activity (Oswald et al., 2018a). Given that neuronal activity has a high energetic cost, correlating with metabolic demand (Attwell and Laughlin, 2001; Zhu et al., 2012), a simplistic working model has been proposed whereby ROS, largely generated as obligate by-products of aerobic metabolism (Halliwell, 1992), regulate plasticity by providing ongoing feedback on a neuron’s activation status (Hongpaisan et al., 2003, 2004; Oswald et al., 2018a).

In addition to mitochondria, NADPH oxidases are another well documented source of activity-generated ROS (Hongpaisan et al., 2004; Massaad and Klann, 2011; Baxter and Hardingham, 2016; Hidalgo and Arias-Cavieres, 2016; Terzi and Suter, 2020; Terzi et al., 2021). Here, we focus on NADPH oxidases, a family of differentially expressed multisubunit enzymes (Nox 1–5 and Dual Oxidase 1–2) that catalyse the transfer of an electron from cytosolic NADPH to oxygen to generate ROS at the extracellular face of the plasma membrane (Lambeth, 2002; Panday et al., 2015). NADPH oxidases are commonly associated with immune responses, but more recently have also been shown to regulate aspects of nervous system development such as neuronal polarity (Wilson et al., 2015), growth cone dynamics (Munnamalai and Suter, 2009; Munnamalai et al., 2014; Terzi et al., 2021), and intriguingly, synaptic plasticity (Tejada-Simon et al., 2005).

Using the Drosophila locomotor network as an experimental model, we focused on the regulation of dendritic growth of identified motoneurons; a sensitive assay of structural plasticity, whereby neuronal activity and associated ROS reduce dendritic arbor size (Oswald et al., 2018a). Based on single cell-specific targeting of RNAi knockdown constructs, our data suggest that within the somato-dendritic compartment the NADPH oxidase Dual Oxidase (Duox), but not Nox, is required for activity-regulated generation of ROS. Because Duox generates H2O2 at the outer face of the plasma membrane, we tested a requirement for aquaporin channels as conduits transporting extracellular ROS into the cytoplasm, as had been shown in other systems (Miller et al., 2010; Bertolotti et al., 2013; Chakrabarti and Visweswariah, 2020). Indeed, we found a requirement for two of three characterised Drosophila aquaporins, Bib and Drip, in activity-dependent regulation of dendritic arbor size, but not for the aquaporin Prip. Overall, our data suggest that neuronal activity promotes Duox-mediated generation of extracellular H2O2, which may be returned into the cytoplasm via aquaporin channels, where it inhibits dendritic growth. Moreover, our findings imply that Duox-generated H2O2 additionally acts non-autonomously on neighbouring synaptic terminals.



MATERIALS AND METHODS


Fly Genetics

Drosophila melanogaster strains were maintained on a standard apple juice-based agar medium at 25°C. The following fly strains were used: OregonR (#2376, Bloomington Drosophila Stock Center), UAS-dTrpA1 in attP16 (Hamada et al., 2008; FBtp0089791), UAS-Duox.RNAi (#32903, BDSC; FBtp0064955), UAS-Nox.RNAi (Ha et al., 2005a; FBal0191562), UAS-bib.RNAi (I) (#57493, BDSC; FBtp0096443), UAS-bib.RNAi (II) (#27691 BDSC; FBtp0052515), UAS-Drip.RNAi (I) (#44661, BDSC; FBtp0090566), UAS-Drip.RNAi (II) (#106911, Vienna Drosophila Resource Centre; FBtp0045814), UAS-Prip.RNAi (I) (#50695, BDSC; FBtp0090659), UAS-Prip.RNAi (II) (#44464, BDSC; FBtp0090258), and UAS-secreted human-catalase (FBal0190351; Ha et al., 2005b; Fogarty et al., 2016). Transgene expression was targeted to 1–3 RP2 motoneurons per nerve cord using a stochastic FLPout strategy, as detailed previously (Fujioka et al., 2003; Ou et al., 2008). The GAL4 expression stock, termed “RP2-FLP-GAL4 > YPet”, contains the following transgenes: RN2-FLP, tub84B-FRT-CD2-FRT-GAL4, and 10XUAS-IVS-myr::YPet in attP2. Briefly, yeast Flippase expression is directed to RP2 motoneurons at embryonic stages only (at a lower level also to the aCC motoneuron and pCC interneuron) via RN2-FLP (Fujioka et al., 2003; Ou et al., 2008), then initiates permanent GAL4 expression in a subset of RP2 motoneurons (as well as occasional aCC motoneurons) via FLP-conditional GAL4, tub84B-FRT-CD2-FRT-GAL4 (Pignoni and Zipursky, 1997); this in turn initiates expression of the membrane targeted myristoylated YPet morphological reporter plus any additional UAS responder transgene. 10XUAS-IVS-myr::YPet in attP2 was generated by subcloning YPet (Nguyen and Daugherty, 2005) into pJFRC12-10XUAS-IVS-myr::GFP, directly replacing GFP.



Larval Staging and Dissection

Eggs were collected at 25°C over an 8 h period on an apple juice-based agar medium supplemented with a thin film of yeast paste and, following continued incubation at 25°C, were subsequently screened for freshly hatched larvae, selected against the presence of fluorescently marked (deformed-GMR-YFP) balancer chromosomes. Larvae were transferred to a fresh agar plate with yeast paste, incubated at 25°C (aquaporin/catalase experiments) or 27°C (NADPH oxidase experiments) and allowed to develop for 48 h to the third instar stage, followed by dissection in external saline (pH 7.15) (Marley and Baines, 2011). Nerve cords were transferred with a BSA coated glass capillary onto a poly-L-lysine coated (Sigma-Aldrich) cover glass (22 × 22 mm), positioned dorsal side up. A clean cover glass was placed on top with two strips of electrical tape used as spacers.



Image Acquisition

Nerve cords were imaged within a 5 min window from dissection using a custom-built spinning disk confocal microscope consisting of a CSU-22 field scanner (Yokagawa), mounted on a fixed stage upright Olympus microscope frame (BX51-WI), equipped with a single objective piezo focusing device (Physik Instruments), a 60×/1.2 NA water immersion objective (Olympus), external filter wheel (Sutter) and programmable XY stage (Prior). Images were acquired at an effective voxel size of 0.217 × 0.217 × 0.3 μm using a back-thinned Evolve EMCCD camera (Photometrics), operated via MetaMorph software (Molecular Devices).



Neuron Reconstruction

Dendritic arbor reconstructions were carried out in Amira 6.5 (FEI). A deconvolution algorithm was used to reassign photons from out-of-focus optical sections to their points of origin, thus improving the signal-to-noise ratio of the image stack. Subsequently, thresholding of voxel grey values was used to segment the fluorescent arbor from background. Structures, which did not require reconstruction, i.e., the cell body and primary neurite, were manually removed. Post segmentation, the Amira automatic reconstruction algorithm was used to convert the centrelines of the user-defined segmentation into a spatial graph structure. This structure was manually reviewed and edited to correct for “loops” and other artefacts of the automatic reconstruction process. Quantification of cell body area was conducted in ImageJ (National Institutes of Health) by manually tracing around individual cell bodies.



Data Handling and Statistical Analysis

All data handling and statistical analyses were carried out in R. A Shapiro-Wilk test was used to confirm normality of all dendritic arbor reconstruction data presented. A one-way analysis of variance (ANOVA) followed by Tukey’s multiple comparisons test was used to compare experimental manipulations to the controls where ∗p < 0.05; ∗∗p < 0.01; ∗∗∗p < 0.001; and ****p < 0.0001.



RESULTS


Reactive Oxygen Species Generated by Dual Oxidase Are Required for Activity-Dependent Adjustments of Dendritic Arbor Size and Geometry

The postsynaptic dendritic arbor of many neuron types can operate as a homeostatic device, adjusting its size and geometry, as well as sensitivity of postsynaptic fields and connectivity, in an activity-dependent manner, so as to maintain appropriate levels of stimulation (reviewed in Yin and Yuan, 2014; Wefelmeyer et al., 2016). In Drosophila, we demonstrated such structural homeostatic plasticity of dendrites in both embryonic (Tripodi et al., 2008) and larval motoneurons (Oswald et al., 2018a), while others demonstrated this a general principle, by showing that such activity-regulated structural adjustments of dendrites and connectivity in the visual system lead to corresponding compensatory changes in physiological output (Yuan et al., 2011; Sheng et al., 2018; Dombrovski et al., 2019). Moreover, we identified ROS signaling as necessary and sufficient for this structural remodelling to occur (Oswald et al., 2018a). That work suggested that neuronal activity leads to the production of mitochondrial ROS, generated as byproducts of oxidative phosphorylation. Here we set out to investigate the involvement of a second source of ROS, generated at the plasma membrane by NADPH oxidases, during activity-regulated structural plasticity. Drosophila codes for only two NADPH oxidases; dDuox, an orthologue of vertebrate dual oxidase, and dNox, which is closely related to human Nox5 (Kawahara et al., 2007). To investigate if either or both contributed to activity-regulated structural plasticity of dendrites, we targeted the expression of previously tested RNAi constructs designed to knockdown dDuox or dNox (Ha et al., 2005a; Fogarty et al., 2016; Fujisawa et al., 2020) to the well-characterized “RP2” motoneuron, with and without concomitant overactivation (Sink and Whitington, 1991; Baines et al., 1999; Landgraf et al., 2003). We then analysed RP2 dendritic arbors morphometrically to quantify the extent to which these manipulations impacted their development.

Expression of UAS-dDuox.RNAi or UAS-dNox.RNAi transgenes alone under endogenous activity conditions, i.e., in the absence of dTrpA1 manipulation, did not produce significant differences in arbor characteristics (Figure 1A–C); though expression of UAS-dDuox.RNAi caused abnormal cell body morphology with supernumerary filopodial protrusions (Figure 1A). In accordance with previous findings (Oswald et al., 2018a), neuronal overactivation by targeted dTrpA1 misexpression in individual RP2 motoneurons resulted in significantly smaller dendritic arbors with reduced dendritic length and branch point number, as compared to non-manipulated controls (Figure 1A–C). Co-expression of UAS-dDuox.RNAi along with UAS-dTrpA1 significantly attenuated the activity-induced reduction of total dendritic length and branch point number. In contrast, RNAi-mediated knockdown of dNox had no discernible effect on arbor morphology.
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FIGURE 1. Extracellular reactive oxygen species (ROS) generated by dDuox, but not dNox, are required for homeostatic structural plasticity in response to increased neuronal activity. (A) Maximum intensity z-projections of representative RP2 motoneurons located within abdominal segments A3-6 in the ventral nerve cord, from young third instar larvae raised at 27°C and dissected 48 h after larval hatching. GAL4 expression was elicited and maintained in individual RP2 motoneurons by crossing RP2-FLP-GAL4 > YPet males containing the transgenes RN2-FLP, tub84B-FRT-CD2-FRT-GAL4, 10xUAS-IVS-myr::YPet (a membrane targeted YPet fluorophore) to virgins from wild type Oregon-Red (OregonR) flies (= controls; non-manipulated neurons) or from stocks containing UAS-dTrpA1 and/or UAS-dDuox.RNAi or UAS-dNox.RNAi transgenes. Note that cell body morphology is affected by expression of UAS-dDuox.RNAi, causing filopodial growth from the soma. Scale bars: 15 μm. (B,C) Targeted expression of dTrpA1, known to cause neuronal over-activation at temperatures ≥ 25°C leads to reduced dendritic arbor size. Co-expression of UAS-dDuox.RNAi, but not UAS-dNox.RNAi, significantly suppresses this activity-induced reduction in total dendritic arbor length and number of branch points relative to UAS-dTrpA1 manipulated motoneurons. In absence of UAS-dTrpA1, RP2 dendrites expressing these RNAi constructs are comparable to controls [analysis of variance (ANOVA), ns, not significant; *p < 0.05; **p < 0.01; ****p < 0.0001]. Comparisons with non-manipulated controls are shown directly above data points (light grey) and comparisons with the UAS-dTrpA1 overactivation condition are shown directly below (black). (D) Irrespective of neuronal activity regime, expression of UAS-dDuox.RNAi or UAS-dNox.RNAi does not alter the frequency distribution of dendritic segment lengths. A segment is defined as the distance between two branch points, or, in the case of a terminal neurite, a branch point and the tip. Frequency density plot shown in darker color, with all individual data points plotted below in a corresponding lighter shade. (E) Sholl analyses indicate that genetic manipulations do not obviously change the relative distribution of dendrites in 3D space. Mean dendritic intersections as a function of distance from the midpoint of the primary neurite (E’) are shown as a solid coloured line, all individual data points are shown in a corresponding lighter shade.


Next, we asked what changes in arbor structure might lead to these activity-regulated differences. We considered two principal possibilities, namely changes in the pattern of growth versus changes in the number of dendritic segments generated. Our analyses of branch point number and dendritic segment length frequency distribution point to the latter. Changes in RP2 motoneuron dendritic arbor size are associated with corresponding changes in the number of branch points (Figure 1C), indicative of segment number, while across genotypes, segment lengths were unimodally distributed with a peak at ∼2 μm (Figure 1D).

We also examined dendritic topography via Sholl analysis to see if changes in arbor length might impact on the ability to invade different regions of the neuropil. The origin of the concentric Sholl spheres was defined as the midpoint on the primary neurite (from which all dendrites arise) between the first and last branch points (Figure 1E’). Irrespective of genotype, the majority of arbor length was concentrated just under halfway along the arbor’s expanse with respect to the primary neurite (Figure 1E). This suggests that the genetic manipulations conducted do not obviously lead RP2 motoneurons to alter the placement or density of their dendritic segments. This is in agreement with earlier findings of motoneurons being specified by genetically separable programmes for dendritic growth and dendritic positioning (Ou et al., 2008).

In summary, these data implicate dDuox, but not dNox, as necessary for structural plasticity of dendritic arbors in response to elevated activity.



Aquaporin Channel Proteins Bib and Drip Regulate Dendritic Growth, Potentially by Functioning as Conduits for Extracellular ROS

NADPH oxidases generate ROS extracellularly, which poses the question of how such NADPH-generated ROS affect dendritic growth. Do they do so by modifying extracellular components or via intracellular events? The latter would require entry into the cell, and we focused on investigating this scenario. Owing to the large dipole moments of key ROS, like H2O2, simple diffusion across the hydrophobic plasma membrane, as seen with small and non-polar molecules, is limited. Instead, evidence from other experimental systems points towards a model of facilitated diffusion involving aquaporins (Bienert et al., 2007; Miller et al., 2010; Bertolotti et al., 2013; Chakrabarti and Visweswariah, 2020). Classically, the importance of these channel proteins has been stressed in the process of transmembrane fluid transport. However, some lines of research suggest that aquaporins can regulate the downstream signaling pathways that rely on ROS as a second messenger, by controlling entry of ROS into the cytosol (Miller et al., 2010; Bertolotti et al., 2013; Chakrabarti and Visweswariah, 2020).

We postulated that following neuronal overactivation extracellular ROS generated by Duox are brought into the cell via aquaporin channels, where they can then trigger compensatory structural changes in dendritic arbor size. To test this model, we overactivated individual RP2 motoneurons by targeted expression of dTrpA1 whilst simultaneously expressing RNAi constructs designed to knockdown genes that encode aquaporin channels: big brain (bib), Drosophila intrinsic proteins (Drip), or Pyrocoelia rufa integral proteins (Prip). For each aquaporin encoding gene we used two independently generated UAS-RNAi constructs, with at least one having previously been shown to have specific effects. Under conditions of cell-autonomous neuronal overactivation, targeted co-expression of UAS-bib.RNAi (Djiane et al., 2013) or UAS-Drip.RNAi (Bergland et al., 2012) transgenes resulted in a significant abrogation of activity-induced arbor reduction, similar to co-expression of UAS-dDuox.RNAi (Figures 2A–C). In contrast, targeted co-expression of UAS-Prip.RNAi (Chakrabarti and Visweswariah, 2020) transgenes did not affect the UAS-dTrpA1 mediated reduction of dendritic arbors, nor did UAS-Prip.RNAi expression by itself have a measurable impact on dendritic development in absence of TrpA1-mediated over-activation. In contrast, mis-expression of UAS-bib.RNAi or UAS-Drip.RNAi alone, without concomitant dTrpA1 activity manipulation, was not phenotypically neutral, but produced a dendritic overgrowth phenotype, of increased dendritic length (Figure 2B) and branching complexity (Figure 2C) in the ventral part of the arbor. Throughout these manipulations, changes in dendritic growth appear to result from changes in the number rather than length of dendritic segments (Figure 2E). Sholl analyses suggest that RP2 motoneurons target their normal neuropil territories irrespective of aquaporin knockdown manipulation (Figure 2F).
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FIGURE 2. The aquaporins encoded by bib and Drip, but not Prip, are necessary for ROS and activity-induced dendritic plasticity. (A) Maximum intensity z-projections of representative RP2 motoneurons from young third instar larvae raised at 25°C and dissected 48 h after larval hatching, expressing GAL4 and the membrane-targeted cell morphology reporter, 10xUAS-IVS-myr::YPet. Controls were from crosses of RP2-FLP-GAL4 > YPet males containing the transgenes RN2-FLP, tub84B-FRT-CD2-FRT-GAL4, 10xUAS-IVS-myr::YPet (a membrane targeted YPet fluorophore) to virgins from wild type Oregon-Red (OregonR) flies (= controls; non-manipulated neurons) or from stocks containing UAS-dTrpA1 and/or UAS-aquaporin.RNAi transgenes. Expression of UAS-bib.RNAi or UAS-Drip.RNAi, but not UAS-Prip.RNAi, without concomitant dTrpA1 manipulation causes dendritic over-growth in RP2 motoneurons. Under conditions of cell-selective neuronal over-activation by UAS-dTrpA1 co-expression of UAS-bib.RNAi or UAS-Drip.RNAi, but not UAS-Prip.RNAi, leads to significant attenuation of dTrpA1-induced dendritic under-growth in RP2 motoneurons. Scale bars: 15 μm. (B,C) Targeted expression of UAS-bib.RNAi or UAS-Drip.RNAi, but not UAS-Prip.RNAi in RP2 motoneurons significantly attenuates the reduction in dendritic arbor length and number of branch points caused by UAS-dTrpA1-mediated neuronal overaction. Two independently generated RNAi constructs were tested for each aquaporin. Expression of UAS-bib.RNAi or UAS-Drip.RNAi without concomitant dTrpA1 manipulation produces a dendritic overgrowth phenotype characterized by increased arbor length and branching complexity relative to non-manipulated controls. (D) Quantification of cell body size, measured as the maximum area of the 2D cross-section through the centre of the soma, shows no consistent differences between controls and UAS-aquaporin.RNAi manipulations. (B–D) ANOVA, ns, not significant; *p < 0.05; **p < 0.01; ***p < 0.001; ****p < 0.0001. Comparisons with non-manipulated controls are shown directly above data points (light grey) and comparisons with overactivated controls are directly below (black). (E) Expression of RNAi transgenes designed to knock down specific aquaporins does not alter fundamental arbor structure under conditions of endogenous activity or chronic overactivation. Frequency density plot of dendritic segment lengths shown in darker color, with all individual data points plotted below in a corresponding lighter shade. (F) The branching topology of RP2 motoneurons is not affected by UAS-aquaporin-RNAi manipulations. Mean dendritic intersections as a function of distance from the midpoint of the primary neurite are shown as a solid coloured line, all individual data points are shown in a corresponding lighter shade.


We wondered whether UAS-bib.RNAi or UAS-Drip.RNAi induced dendritic overgrowth might be caused by increased internal osmotic pressure, as a result of impaired aquaporin function, which in turn may stimulate mechanically sensitive proteins (Kerstein et al., 2015). However, we could not detect evidence for cell body dilation as would be expected if expression of UAS-aquaporin.RNAi transgenes were to increase internal osmotic pressure (Figure 2D).

In summary, these data suggest a requirement for the aquaporin channels Bib and Drip, but not Prip, in regulating dendritic arbor size. However, since mis-expression of UAS-bib.RNAi or UAS-Drip.RNAi alone, in the absence of dTrpA1-mediated overactivation, leads to a dendritic overgrowth phenotype, it is unclear if aquaporins and neuronal activity act in the same pathway or in parallel pathways with opposite effects on dendritic growth.



Extracellular ROS Act as Negative Regulators of Dendritic Growth

The above data suggest that extracellular ROS could provide a negative feedback signal to reduce dendritic arbor size, if those were channeled via aquaporins into the cytoplasm. To test this idea, we expressed in single RP2 motoneurons a secreted, extracellular form of catalase, to quench extracellular H2O2. Compatible with the hypothesis, we found that expression of UAS-human-secreted-catalase (Ha et al., 2005b; Fogarty et al., 2016) produced a dendritic overgrowth phenotype comparable to that caused by expression of UAS-bib.RNAi or UAS-Drip.RNAi (Figures 2A, 3A). This overgrowth was characterized by dense dendritic arbors with significantly larger total arbor length as compared to non-manipulated controls (Figure 3B). As with the other manipulations above, here too the relative distribution of dendritic segments and arbor topography remained comparable to controls (Figures 3C–E). Somewhat unexpected though, our analysis indicates no change in branch point number despite the increase in arbor size (Figure 3C). This is counter-intuitive and we think the most parsimonious explanation for that this is an artefactual under-representation of segment number, caused by the high density of dendritic segments in these overgrown neurons, leading to failure of resolving all branch points during the reconstruction process.
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FIGURE 3. Cell-specific expression of extracellular catalase produces a dendritic overgrowth phenotype comparable to that produced by UAS-bib.RNAi or UAS-Drip.RNAi expression. (A) Maximum intensity z-projections of representative RP2 motoneurons, from young third instar larvae raised at 25°C and dissected 48 h after larval hatching. To target GAL4 expression to RP2 motoneurons RP2-FLP-GAL4 > YPet males were crossed to virgins from wild type Oregon-Red (OregonR) flies (= controls; non-manipulated neurons) or flies containing UAS-human secreted catalase, here termed “extracellular Catalase”. Scale bars: 15 μm. (B,C) Targeted expression of UAS-human secreted catalase in RP2 motoneurons results in a significant increase or “overgrowth” of dendritic arbor length relative to otherwise non-manipulated neurons, but does not change the total number of branch points (unexpected and likely caused by poor signal-to-noise ratio resulting from very dense branching of these enlarged arbors) (ANOVA, ns, not significant; ****p < 0.0001). (D) UAS-human secreted catalase expression in RP2 motoneurons does not change the frequency distribution of dendritic segment lengths relative to overactivated or non-manipulated controls Frequency density plot shown in darker color, with all individual data points plotted below in a corresponding lighter shade. (E) Sholl analyses indicate that UAS-human secreted catalase expression does not obviously cause RP2 motoneurons to alter the placement or density of their dendrites. Mean dendritic intersections as a function of distance from the midpoint of the primary neurite are shown as a solid coloured line, all individual data points are shown in a corresponding lighter shade.


In conclusion, in this study we identified a selective requirement for the NADPH oxidase, Duox (but not Nox), in activity-regulated adjustment of dendritic arbor growth during larval nervous system development. Thus generated extracellular ROS could signal to neighbouring cells, as well as mediate autocrine signaling. We also identified a role for the aquaporins Bib and Drip (but not Prip), which we propose serve as conduits for channeling extracellular H2O2 back into the cell, from adjacent cells but likely also mediating autocrine signaling. Overall, extracellular ROS act as negative feedback signals that mediate homeostatic adjustment of dendritic arbor size. The data suggest this process operates at physiological activity levels since manipulations where we expressed secreted Catalase to quench extracellular ROS in the immediate vicinity of a neuron lead to dendritic overgrowth that is indistinguishable from overgrowth phenotypes caused by cell-autonomously targeting the aquaporins Bib and Drip for RNAi knockdown. Such enlarged dendritic arbors would be predicted by our model (Figure 4), as a consequence of reduced influx of ROS, which act as a brake on dendritic growth.


[image: image]

FIGURE 4. Model summary. The NADPH oxidase Duox generates ROS at the extracellular face of the plasma membrane in response to increases in neuronal activity. These ROS are brought back into the cytosol via specific aquaporin channel proteins. Here, they interact with various intracellular pathways, potentially involving the redox-sensitive dimer DJ-1β, which in turn mediate adaptive reductions in dendritic arbor size.




DISCUSSION

A prerequisite of flexible yet stable neural circuitry is the ability to detect and appropriately respond to changes in activity, particularly perturbations that push activity towards extremes of quiescence or saturation (Turrigiano and Nelson, 2004; Yin and Yuan, 2014). Here, we focused on structural plasticity of dendrites in response to increased neuronal activation. Seminal comparative studies in mammals showed that the size and complexity of dendritic arbors correlates with the range and amount of synaptic input received (Purves and Lichtman, 1985; Ivanov and Purves, 1989). Similarly, in the Drosophila larval locomotor network we demonstrated that during development the dramatic growth of motoneuron dendritic arbors, which scales with overall body growth, facilitates increases in presynaptic input and thus also of the amount of synaptic drive necessary for appropriate levels of muscle activation (Zwart et al., 2013). This kind of structural plasticity is not limited to periods of growth, but also evident following activity manipulations. For example, changes in the number of active presynaptic sites are compensated for by complementary changes in postsynaptic dendritic arbor size, suggesting that neurons use their dendritic arbors as structural homeostatic devices (Tripodi et al., 2008). Similar structural homeostatic adjustments have also been documented in the developing visual system (Yuan et al., 2011; Sheng et al., 2018; Dombrovski et al., 2019). ROS are necessary for this plasticity to occur, with ROS acting as brakes on dendritic arbor growth (Oswald et al., 2018a). Here, we identify the NADPH oxidase, Duox, as a source of such activity-generated ROS. The topography of Duox, which is known to reside within the plasma membrane (Morand et al., 2009), is such that it generates H2O2 into extracellular space (Fogarty et al., 2016). We previously showed that H2O2 is required intracellularly, the effects of cell-specific over-activation rescued cell-autonomously by co-expression of cytoplasmic Catalase (Oswald et al., 2018a). This raised the question of how such extracellular ROS re-enter the neuronal cytoplasm. Our findings suggest that the aquaporin channels Bib and Drip, but not Prip, might function as conduits for extracellular ROS, necessary for activity-regulated dendritic structural remodelling (Figure 4). Specifically, targeting bib or Drip for RNAi-mediated knockdown in individual RP2 motoneurons significantly attenuates the overactivation phenotype of smaller dendritic arbors. These observations suggest that specific aquaporins located in the somato-dendritic compartment of motoneurons act as conduits that facilitate entry of extracellular H2O2 into the cytoplasm, where it can modulate dendritic growth pathways. This model is similar to one recently proposed by Chakrabarti and Visweswariah (2020) in Drosophila hemocytes, where in response to wounding Duox is activated, generates extracellular H2O2, which partly signals in an autocrine fashion with import back into the hemocyte cytoplasm facilitated by the aquaporin Prip. Moreover, expression of a secreted Catalase, IRC, modulates such H2O2 signaling (Chakrabarti and Visweswariah, 2020).

Based on our previous observations, we speculate that within the neuron H2O2 acts, amongst others, on the cytoplasmic redox-sensitive dimer DJ-1β, which we previously showed necessary for structural and physiological changes in response to activity-generated ROS (Oswald et al., 2018a). Dendritic overgrowth, as caused by expression of a secreted form of Catalase, known to scavenge extracellular H2O2 (Ha et al., 2005b; Fogarty et al., 2016; Chakrabarti and Visweswariah, 2020), suggests that extracellular ROS from adjacent cells might contribute to structural plasticity regulation. Expression of a cytoplasmic Catalase, in contrast, did not have such an effect, at least not in aCC motoneurons at an earlier stage of 24 h after larval hatching (Oswald et al., 2018a). This might suggest stage-specific differences in levels of ROS or differences in the efficacy of these two transgenes, either due to expression levels or difficulty of cytoplasmic Catalase to diffuse into small diameter dendritic branches.

The partial penetrance of RNAi knockdown phenotypes, combined with the observation that two distinct aquaporin encoding genes are involved, suggests that there may be functional redundancy between these aquaporins. Such redundancy has previously been observed in the tsetse fly, where simultaneous downregulation of multiple aquaporins exacerbates the negative effects on female fecundity produced by individual aquaporin knockdowns (Benoit et al., 2014).


Extracellular Duox-Generated ROS as a Potential Means for Coordinating Network-Wide Homeostatic Structural Adjustments

Whilst ROS typically operate as intracellular second messengers (Forman et al., 2014; Schieber and Chandel, 2014), their long-range effects have also been observed during paracrine H2O2 signaling in vertebrate and invertebrate inflammatory responses (Niethammer et al., 2009; Moreira et al., 2010). In light of this, our finding that extracellular, activity-generated ROS are necessary for structural plasticity raises the intriguing possibility of an intercellular redox-based communication network that coordinates homeostatic structural adjustments more widely, potentially within local volumes. Synaptic clefts in Drosophila are approximately 10–20 nm in width (Prokop and Meinertzhagen, 2006). ROS such as O2– and H2O2 have been reported to travel distances in the order of several micrometers within living tissue (Cuypers et al., 2016; Krumova and Cosa, 2016). It follows that extracellular ROS generated by Duox in postsynaptic dendrites could traverse the synaptic cleft and act retrogradely on the surface of presynaptic partner terminals, e.g., on ion channels (Sah et al., 2002; Sesti et al., 2010; Sahoo et al., 2014). Such ROS could further enter the cytosol of presynaptic partners via aquaporin channels and trigger compensatory structural remodelling. In addition, in analogy to retrograde nitric oxide signaling (Hardingham et al., 2013), Duox generated extracellular ROS have the potential to modify pre- and postsynaptic terminals within a local volume of the neuropil, thus acting as regional activity-triggered modulators even between non-synaptic neurons. Perhaps, such ROS may even act on adjacent glia, potentially via redox-sensitive glial proteins such as transient receptor potential melastatin 2 (TRPM2), which have been shown to modulate synaptic plasticity (Wang et al., 2016; Turlova et al., 2018).



Downstream Effector Pathways of ROS and Aquaporin-Dependent Structural Plasticity

Reactive oxygen species can regulate the activity of several protein kinases, including those implicated in canonical neurodevelopmental pathways, either via modification of reactive amino acid residues on kinases or, indirectly, by redox-mediated inhibition of counteracting phosphatases (Finkel and Holbrook, 2000; Corcoran and Cotter, 2013; Holmström and Finkel, 2014). Notably, previous work has implicated aquaporin channels in modulating the efficacy of ROS-regulated protein kinase signaling. By altering a cell’s permeability to extracellularly-generated ROS, aquaporins can amplify or diminish the strength of redox-dependent downstream pathways (Miller et al., 2010; Bertolotti et al., 2013). For instance, mammalian Aquaporin 8, which shares ∼33% of amino acid sequence identity with the Drosophila aquaporin channels, controls the entry of NADPH-oxidase derived H2O2 to increase growth factor signaling in human leukaemia B-cells (Vieceli Dalla Sega et al., 2017). Of particular interest are CaMKII and PKA signaling, which can be enhanced by elevated cytosolic ROS (Humphries et al., 2007; Anderson, 2011), and which both pathways act to limit the elaboration of dendritic arbors in an activity-dependent manner. For example, targeted inhibition of CaMKII or PKA in otherwise non-manipulated neurons results in dendritic over-growth and an increase in arbor size and complexity (Wu and Cline, 1998; Zou and Cline, 1999; Tripodi et al., 2008). This is similar to what we have seen following quenching of extracellular H2O2 or knockdown of the aquaporins Bib and Drip, suggesting that either CaMKII or PKA signaling might be downstream effectors of activity regulated, Duox-generated extracellular H2O2.

Given the increasing number of signals involved in anterograde and retrograde signaling between neurons one might ask how ROS contribute to these signaling pathways. It is possible that Duox acts as an integrator of multiple signaling pathways, in that its activity is regulated by a number of pathways, including the Rho GTPase Rac1 (Hordijk Peter, 2006) and calcium, via its EF-hands (Kawahara et al., 2007). It will be interesting to determine the range and temporal dynamics of Duox activity following neuronal activation; whether Duox reports on low, medium or high levels of neuronal activation, brief bursts or only following prolonged activation. Thus, it is conceivable that different inter-neuronal signaling pathways are utilised for distinct contexts, in terms of their activation pattern and, equally, their spatio-temporal dynamics of signaling.
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Nicotinic acetylcholine receptors (nAchRs) are widely distributed within the nervous system across most animal species. Besides their well-established roles in mammalian neuromuscular junctions, studies using invertebrate models have also proven fruitful in revealing the function of nAchRs in the central nervous system. During the earlier years, both in vitro and animal studies had helped clarify the basic molecular features of the members of the Drosophila nAchR gene family and illustrated their utility as targets for insecticides. Later, increasingly sophisticated techniques have illuminated how nAchRs mediate excitatory neurotransmission in the Drosophila brain and play an integral part in neural development and synaptic plasticity, as well as cognitive processes such as learning and memory. This review is intended to provide an updated survey of Drosophila nAchR subunits, focusing on their molecular diversity and unique contributions to physiology and plasticity of the fly neural circuitry. We will also highlight promising new avenues for nAchR research that will likely contribute to better understanding of central cholinergic neurotransmission in both Drosophila and other organisms.
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INTRODUCTION

One of the most ancient and frequently encountered proteins involved in nervous system communication is the nicotinic acetylcholine receptor (nAchR). nAchRs belong to the Cys-Loop Ligand-gated Ion Channel (LGIC) superfamily and form pentameric ion channels composed of five subunits, as do other members of this assemblage (Thompson et al., 2010). However, there are clear functional distinctions of nAchRs in different animal lineages. In insects, nAchRs are strictly located within the central nervous system (CNS) and are the primary means for neurons to receive fast, excitatory and inter-neuronal neurotransmission at the postsynaptic density (PSD) (Gundelfinger and Hess, 1992). Meanwhile, mammals and C. elegans also employ nAchRs at their neuromuscular junction (NMJ), where the receptors mediate muscle activity, and within the autonomic nervous system, where nAchRs are known to adjust sympathetic and parasympathetic tone. Notably, vertebrate nAchRs expressed in the CNS are frequently localized outside of synaptic sites and act as modulators for neurotransmitter release and neuronal excitability (Albuquerque et al., 2009; Millar and Gotti, 2009). Besides a wide range of functions, another noticeable feature of nAchRs is their molecular complexity. Even the genomes of “simpler” organisms, such as Drosophila, contain no fewer than ten nAchR subunit genes (Dupuis et al., 2012), which provides the basis for the enormous structural and functional diversity of the mature pentameric receptors, each with its own expression profile, channel properties and modes of regulation (Figure 1A).
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FIGURE 1. The Drosophila nAchR is an evolutionarily conserved ligand-gated ion channel with prototypical motifs and secondary structures. (A) Phylogenetic comparison between nAchR genes of D. melanogaster (green) and humans (black) (Taken from Rosenthal et al., 2021). (B) High amino acid sequence similarity between animal nAchRs permits the modeling of the Drosophila alpha6 (Dα6) subunit (red), using the known human alpha4 subunit (CHRNA4) X ray crystal structure (blue) as a template (Sequence comparisons were made with the Phyre2 online tool and visualized by the software PyMOL 2.5). The secondary structures and overall topology are generally conserved between the two. The ligand nicotine is labeled green. The TM3-TM4 loop for both CHRNA4 and Dα6 is discontinuous. (C) Dα6 is shown in isolation and is color coded by residue position (Blue: N-terminus; Red: C-terminus). Major conserved motifs are labeled. The ligand nicotine is in black. (D) Schematic illustrations of the two stoichiometrically classed nAchR subtypes: homopentamers contain identical subunits whereas heteromers are composed of mixed subunits. The ligand, Ach in blue, interacts with the subunits’ interface.


Studies on acetylcholine and its receptors were founded in the vertebrate system (Langley, 1909; Changeux et al., 1970). However, once the protein sequences of all members of the Drosophila nAchR gene family were fully described, the powerful fly genetics system quickly produced a plethora of information, from nAchRs’ molecular architecture and cellular physiology to their participation in both simple and complex neuronal processes. Notably, while much of the initial research on Drosophila nAchRs evolved from a need to understand their interactions with insecticides, recent technical advances have shone light on how indispensable nAchRs are for the development and plasticity in the fly brain. Thus, studies using the Drosophila system have been informative both for modeling excitatory neurotransmission in insects and for probing the common roles for nAchRs at the postsynaptic specialization of CNS neurons in general. It is worth mentioning, however, due to the limited number of direct in vivo electrophysiological studies and structural functional analyses, there are still significant drawbacks in the fly nAchR research. For instance, to this date, there is no validated information on the native composition of nAchR pentamers in fly neurons. These long-standing limitations called for innovative approaches, which have emerged in recent years with the expansion of imaging probes, genome editing techniques and computational modeling. These new techniques greatly complement traditional Drosophila genetics and start to offer new insights on nAchR signaling.

Here, we provide an up-to-date description of the major aspects of Drosophila nAchR research accumulated over the past 40 years. While references are occasionally made to mammalian and C. elegans nAchRs, the reader is directed to other excellent and thorough reviews of those two systems (McGehee and Role, 1995; Dani and Bertrand, 2007; Kalamida et al., 2007; Albuquerque et al., 2009; Holden-Dye et al., 2013). We will begin with a general introduction of the molecular organization of fly nAchRs, along with their expression patterns and phylogenetics. This is followed by an analysis of the subunits’ functions, including how they react to insecticides and contribute to neural physiology at the cellular, tissue and behavioral level. The third section delineates various developmental, transcriptional, and post-translational mechanisms that regulate the expression and localization of Drosophila nAchR subunits. Lastly, we summarize several recent technical advances that will likely contribute to solving key outstanding questions and help us gain a better understanding of central cholinergic transmission.



STRUCTURE, GENOMICS AND EXPRESSION PROFILES OF DROSOPHILA NICOTINIC ACETYLCHOLINE RECEPTORS


Basic Features of the Drosophila Nicotinic Acetylcholine Receptor Subunits

The gene structure of a typical Drosophila nAchR subunit is similar to the prototypical nAchR gene found in other species and is characterized by several basic features, including an N-terminal extracellular domain, four transmembrane (TM) passes and a small extracellular C-terminal segment (Figures 1B,C; Sattelle et al., 2005; Dupuis et al., 2012). The major feature of the N-terminus, besides the conserved glycosylated residues and a signal peptide, is the functionally critical ligand-binding domain (LBD). According to studies in the mammalian system, only α subunits, which contain two adjacent extracellular cysteines (Cys-Cys), are capable of binding acetylcholine (Ach) through their “principal” face comprised of Loops A-C (Figure 1D; Bossy et al., 1988; Gharpure et al., 2020). The non-α subunits, β, γ, λ, and ε in vertebrates, are thought to mainly coordinate the placement of ligand within the α-subunit binding cleft via their “complementary” face composed of Loops D-F. By adopting this system, Drosophila nAchR subunits are divided into α and β groups based on the presence of the extracellular Cys-Cys motif (e.g., amino acid residues 201 and 202 in Dα1). However, studies suggest that some fly α-subunits do not in fact bind ligand as they lack additional key residues, similar as the case for human α5 and α10 (Albuquerque et al., 2009). This division is further complicated in Drosophila due to hypothesized reversions between α- and β-subunits that occurred during evolution, leading to a potential disconnection between the subunits’ nomenclature and their true ligand binding ability (Sawruk et al., 1990; Le Novere and Changeux, 1995; Dent, 2006).

The second key feature of the nAchR subunit is the group of transmembrane (TM) domains, TM1 to 4. TM2 is of particular interest, as it forms the pore-lining region cooperatively with the TM2 of the remaining four subunits, as well as the TM3-TM4 loop, which is highly variable in length between subunits, and contains predicted sites of post-translational modifications, such as phosphorylation by PKA, PKC, and PKT (Gundelfinger and Hess, 1992; Grauso et al., 2002). In the mammalian system, this loop is also involved in the assembly and synaptic clustering of the pentameric nAchR channel (Albuquerque et al., 2009; Jones et al., 2010).



Genomics and Phylogenetics of the Fly Nicotinic Acetylcholine Receptor Gene Family

There are ten nAchR subunit genes identified in the Drosophila genome, of which seven are α and three are β (Littleton and Ganetzky, 2000). Despite major differences in the size of nAchR gene families across different species, there are multiple pieces of evidence suggesting a common ancestral receptor gene that likely appeared near the origin of the animal nervous system. Firstly, many phyla in the Eumetazoa utilize nAchR signaling, including chordates, nematodes, annelids, arthropods and even more basal groups such as cnidaria (Faltine-Gonzalez and Layden, 2019). Secondly, a three-gene cluster in Drosophila, composed of Dα1, Dα2, and Dβ2 on Chromosome 3, is also present in mammals and includes homologs of these three fly subunits (Boulter et al., 1990; Duga et al., 2001; Chamaon et al., 2002). Finally, the primary sequence of multiple fly and mammalian nAchR genes share extensive similarities within the transmembrane domains and the extracellular region that irreversibly binds the classical nicotinic antagonist α-Bungarotoxin (α-Btx) (Bossy et al., 1988). Additionally, the intron-exon boundaries and patterns of TM3-TM4 loop glycosylation sites further revealed that some of the Drosophila nAchR subunits, such as Dα1 and Dα2, share a closer relationship with the neuronal-specific subunits, like CHRNA2, present only in the vertebrate CNS, as opposed to CHRNA1 that is restricted to the mammalian NMJ.

Beyond these basic similarities, sequence alignments have also consistently revealed the close phylogenetic relationships amongst the subunits (Sattelle et al., 2005). For instance, Dα5, Dα6, and Dα7 form the “α7”-like cluster, named for the vertebrate α7 subunit which is distinct for its ability to form both homomeric and heteromeric pentamers and its high permeability to Ca2+ ions (Grauso et al., 2002). In contrast, Dβ3 is identified as the outgroup, distinguished by its extremely short TM3-TM4 loop as well as the absence of an extracellular C-terminal domain (Lansdell and Millar, 2002; Dent, 2006; Dederer et al., 2011; Figure 1A).

Further nAchR phylogenetic comparisons within other insects have also revealed several intriguing observations. For example, the highly divergent subunits, such as Dβ3 in Drosophila, are present in other model insects, including the mosquito Anopheles and the honeybee (Jones et al., 2005, 2006). Another surprising finding was that Dα6 and its orthologs have highly conserved sites of alternative splicing and RNA A-to-I editing (Table 1; Jin et al., 2007). These changes, which were also found in Dα4, Dα5, and Dα7, are predicted to have functional consequences, as the edited locations often correspond to the LBD as well as multiple TM domains and their linkers (Grauso et al., 2002; Hoopengardner et al., 2003; Agrawal and Stormo, 2005; Jin et al., 2007).


TABLE 1. mRNA processing events associated with Drosophila nAchR subunits.
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Expression, Localization and Subunit Composition of Fly Nicotinic Acetylcholine Receptors

Nicotinic acetylcholine receptors are found in many substructures of the Drosophila brain and ventral ganglia (Schuster et al., 1993). Early in situ hybridization studies on embryos revealed that transcripts of multiple subunits, such as Dβ1 and Dα2, are distributed broadly in the brain and VNC (Hermans-Borgmeyer et al., 1989; Jonas et al., 1994). Promoter reporter lines, using either the 5′ UTR and/or the upstream regulatory elements, later validated these conclusions. These initial studies, although lacking cellular resolution, clearly demonstrated that the spatial distribution of the fly nAchRs are subunit-specific and developmentally controlled (Hess et al., 1994; Jonas et al., 1994).

Subunit-specific antibodies also helped determine the spatial expression patterns of nAchR genes. In general, regions positive for nAchR subunit genes overlapped well with both α-Btx binding sites and were often found in areas apposing presynaptic markers such as Acetylcholinesterase (Ace) and Choline Acetyltransferase (ChAT) (Schuster et al., 1993). Studies have shown that the medulla, lobula and lobula plate of the optic lobe are all positive for Dα1, Dα2, Dα3, Dβ1, and Dβ2 labeling, but only Dα3 staining was robustly observed in the lamina, suggesting subunit-specific functions in the adult visual circuit (Schuster et al., 1993; Jonas et al., 1994; Chamaon et al., 2000, 2002). Immunostaining also detected multiple subunits in protocerebral structures, including the mushroom body β lobes, the ellipsoid body and ventral bodies of the central complex as well as the subesophageal, thoracic and abdominal ganglia. While being informative, both in situ hybridization and antibody staining have limitations in their sensitivity, specificity and resolution. Recent technical advances have allowed researchers to evaluate the endogenous expression and localization of nAchRs at the single-cell level. Detailed discussions on this topic are included in the last section of the review.

One additional tool that helped characterize and isolate different nAchR subunits is affinity purification. Here, head or whole fly extract is filtered through an agarose column conjugated to nicotinic agonists or antagonists, primarily α-Btx or imidacloprid and its derivatives, and then eluted with a separate nicotinic ligand, thereby concentrating the nAchR protein. In both Drosophila melanogaster and Musca domestica samples, this affinity purification approach resulted in three distinct protein groups that range from 61 to 69 kDa (Tomizawa et al., 1996). A related technique known as photoaffinity labeling has also been used to purify nAchRs and was able to repeatedly isolate a 66 kDa-sized protein from Drosophila head membranes (Tomizawa et al., 1996; Tomizawa and Casida, 2003). Both of these methods were instrumental in the early stages of characterizing Dα3 and Dα5 (Chamaon et al., 2000; Wu et al., 2005). Additionally, assays on affinity-purified nAchRs uncovered discrepancies between predicted molecular weight and actual protein band size, providing experimental evidence of predicted post-translational processing, such as the glycosylation of Dα3 (Chamaon et al., 2002).

The knowledge of receptor composition is a major draw for studying the nAchRs of the mammalian brain, which is still lacking for Drosophila studies. The large nAchR gene family of Drosophila presents a significant hurdle to uncover which subunits co-assemble and in what stoichiometry. This problem has been further exacerbated by the lack of an effective heterologous system for in vitro expression (Ihara et al., 2020). Currently, there is still no definitive description of a functional native pentameric nAchR receptor in the Drosophila nervous system, although there are several lines of evidence that suggest certain subunits could co-assemble under specific experimental conditions. Early in situ hybridization and immunohistochemical studies consistently reported co-localization of specific subunits, which is a prerequisite, but not a proof, for co-assembly. This issue is clearly demonstrated in the case of Dα1 and Dβ1: both are concentrated in the ventral bodies and lateral triangles of the central complex and within the same medulla and lobula layers of the optic lobe (Schuster et al., 1993). However, there are no direct interactions detected by co-immunoprecipitation experiments. Instead, Dα1 and Dα2 were reciprocally immunoprecipitated from adult head membrane extracts, as were Dα3 with Dβ1 (Chamaon et al., 2000; Schulz et al., 2000). Serial immunoaffinity chromatography experiments have also been conducted to support the in vivo association of Dα1, Dα2, and Dβ2 as a ternary complex (Chamaon et al., 2002). In general, multiple concerns have been raised due to the conflicting results generated by different biochemical methods as well as significant limitations introduced by the hybrid heterologous system. In searching for an accurate representation of native receptor interactions, the in vitro findings would greatly benefit from in vivo validation using genetic studies, which remain limited but are expanding through updated technologies, such as site-specific genome editing.

In summary, biochemical, molecular, and genetic studies demonstrate the wide distribution of Drosophila nAchR subunits in fly CNS, as is seen in the nervous system of many other arthropods, which is indicative of their major role in insect neurophysiology. Furthermore, genomic analyses show that the fly nAchR gene family is fairly complex and has strong homology with orthologs of other insects and even mammalian nAchRs, both at their primary sequence and predicted sites of post-translational modification. Thus, Drosophila nAchRs are ideal research subjects for understanding how neurons selectively use a subset of available nAchR subunits for tissue-specific functions and for modeling central cholinergic synaptic development and transmission, which will be discussed in the following sections.



PHARMACOLOGICAL PROPERTIES OF THE DROSOPHILA NICOTINIC ACETYLCHOLINE RECEPTORS


Affinities to α-Btx and Nicotinic Analogs

Different nAchR subunits, as well as the various receptor subtypes they compose, display unique affinities and responses to common nicotinic analogs. In general, heterologous systems, such as Drosophila S2 cells, HEK293 cells or frog oocytes, are used to assess the total binding sites, which is a measure of surface expression, as well as the binding affinity, which indicates the strength of the ligand-receptor interaction. Furthermore, by performing membrane-solubilized vs. non-solubilized reactions with non-membrane permeable agonists, it is possible to distinguish the surface vs. internally localized receptor. These studies successfully identified subunit-specific reactions to different pharmacological treatments. For instance, the competitive agonist epibatidine interacts only with the subunits Dα1-Dα4, but not Dα5-Dα7 (Lansdell et al., 1997, 2012; Lansdell and Millar, 2000b, 2004). Differences also exist among closely related subunits: Despite strong sequence homology, the EC50 of nicotine for the hybrid Dα1 receptor is more than two orders of magnitude lower than that for the Dα2 hybrid (Bertrand et al., 1994; Schulz et al., 2000; Dederer et al., 2011).

The naturally occurring α-Btx, a snake venom component structurally similar to Ly6-type proteins, the endogenous inhibitors for cholinergic signaling (Wu et al., 2014), has also helped to parse out pharmacological differences. Initially used to extract and purify nAchR proteins, α-Btx has also helped define nAchR receptor biology in general. Notably, α-Btx binding is subunit-specific. In vitro studies using either fusion proteins containing the extracellular region, or full-length, of the nAchR subunits revealed that the Drosophila subunits Dα1, Dα3, Dα5, and Dα6 showed substantial affinities to α-Btx, whereas binding to subunits Dα2, Dα4 or Dα7 was negligible (Bossy et al., 1988; Bertrand et al., 1994; Lansdell and Millar, 2000a, 2004; Wu et al., 2005). In addition, α-Btx directly impairs nAchR-mediated processes in fly and therefore can be used to investigate cholinergic signaling in vivo, as well as understand structure/function connections for particular residues that contribute to the ligand-binding site (Pyakurel et al., 2018). It is also worth mentioning that, in general, the endogenous nAchR has a stronger affinity than the receptor reconstituted in vitro, possibly due to the incorrect configuration of nAchR subunits or the lack of proper post-translational processing in the in vitro condition (Schloss et al., 1988, 1991).



Nicotinic Acetylcholine Receptors as Targets of Insecticides

No discussion of insect nAchRs would be complete without referencing their exploitation as pesticide targets as well as how these receptors form an evolutionary substrate for insecticide resistance. Chemical development has led to numerous classes of insecticides, which have strong adverse effects on nAchR-mediated cholinergic transmission within the insect CNS and ultimately cause lethality (Matsuda et al., 2001; Millar and Denholm, 2007). Although all of them impair nAchR activity, there are different mechanisms of action. For example, the neonicotinoids block the critical ligand-binding pocket of the receptor, whereas the spinosads are allosteric modulators. Even those belonging to the same group vary in size and charge, and thus likely display a binding preference for certain subunits with their unique 3D structures. Therefore, besides the obvious significance of these findings for the pesticide industry, this line of investigation also offers insights into the molecular distinctions and similarities among nAchR subunits and translates to better modeling of mammalian nAchRs for both research and therapeutic purposes, while minimizing negative impacts of pesticides on humans and other animals (Tomizawa and Casida, 2001; Thany et al., 2007; Millar and Harkness, 2008).

Many insects are sensitive to the neonicotinoids, a group of potent agonists with a molecular structure mirroring nicotine and thus targets the Ach-binding site in nAchR subunits. Using neonicotinoid affinity columns in combination with Drosophila genetic manipulations, researchers have demonstrated their differential affinity for distinct subunits. For instance, preincubation of head membranes with nicotinic ligands, such as nicotine and d-tubocurarine, prevents the isolation of the Dα1 subunit through the neonicotinoid affinity columns, supporting Dα1 as one of their main targets (Tomizawa et al., 1996; Tomizawa and Casida, 2003; Dederer et al., 2011). Later studies using heterologous expression systems provided additional evidence for subunit-specific insecticidal action. In particular, Dα1-Dα3 appeared to have high-affinity for various chemicals such as imidacloprid and clothianidin (Matsuda et al., 1998, 2001; Lansdell and Millar, 2000b; Ihara et al., 2004; Somers et al., 2017). In contrast, through chimeric receptor studies and direct measurement of mortality, the extracellular regions of both Dα6 and Dα7 are apparently unable to bind imidacloprid (Lansdell and Millar, 2004). Notably, this partition resembles the phylogenetic relatedness, where Dα5, 6, and 7 subunits are distant from the other Drosophila α subunits (Figure 1A).

Another interesting case of subunit-specific sensitivity involves the tight link between Dα6 and the activity of spinosyns. Multiple loss-of-function (LOF) alleles of Dα6 endow the fly with high resistance to Spinosad but limited resistance to other insecticide classes, such as the avermectins and pyrethroids (Perry et al., 2007; Watson et al., 2010). Here, resistance in mutant animals is characterized by reduced mortality, elevated EC50 levels and a lack of Spinosyn A-induced current in the larval ventral ganglia (Perry et al., 2007, 2015; Watson et al., 2010; Rinkevich and Scott, 2013; Somers et al., 2015). Moreover, rescue experiments in a Dα6 null background indicated that other subunits such as Dα1, and even the phylogenetically similar Dα5 and Dα7, were unable to re-sensitize the Dα6 mutants to Spinosad (Perry et al., 2015; Figure 2).
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FIGURE 2. Schematic diagram illustrating the mutated residues in nAchR subunits that confer insecticide resistance. Natural and lab-derived insecticide resistance in Drosophila often develops from amino acid substitutions (red dots) in a single nAchR subunit. Because these resistance-endowing mutations are found at varied locations in the mature protein, it is believed that resistance occurs via multiple mechanisms. Some, such as the Ser221 depicted in the framed panel on the left, directly interfere with the action of competitive agonists, like the neonicotinoids, at the ligand-binding site (Image taken from Shimada et al., 2020). In contrast, others are more distal and likely indirectly impact nAchR functions by modulatory activities (aHomem et al., 2020; bIhara et al., 2014; cPerry et al., 2008; dSomers et al., 2015; eHikida et al., 2018; fShimada et al., 2020; gZimmer et al., 2016).


Beyond spinosad and Dα6, there are other instances of resistance resulting from site-specific mutation (Figure 2). For instance, single residue changes of Dα1 alter neonicotinoid-induced currents of hybrid fly Dα1/Chickβ2 nAchRs in vitro (Hikida et al., 2018; Shimada et al., 2020). Additionally, nitenpyram resistance is linked to the cooperative activity of the subunits Dα1 and Dβ2 (Perry et al., 2008). Given that there are more examples of subunit-specific interactions with insecticides (Ihara et al., 2014; Zimmer et al., 2016; Homem et al., 2020), the general idea is that insecticide efficacy is contingent upon specific residues and motifs in distinct subunits, supporting the endeavor of developing species-specific pesticides that discriminate between the subunits of different pentamers. Another extension of these studies is the hope that computational modeling can estimate the importance of residues and structural motifs of the nAchR subunits, and provide informed predictions concerning the evolution of insecticide resistance in the field.



PHYSIOLOGICAL STUDIES OF NICOTINIC ACETYLCHOLINE RECEPTORS IN THE DROSOPHILA CENTRAL NERVOUS SYSTEM


Nicotinic Acetylcholine Receptors as the Primary Mediators of Excitatory Synaptic Transmission in the Fly Central Nervous System

Unlike nAchRs of the vertebrate CNS, which are mostly neuromodulatory and localize perisynaptically or extrasynaptically, fly nAchRs are likely primarily postsynaptic (Dani and Bertrand, 2007), colocalizing with postsynaptic proteins such as DLG and CamKII, while apposing presynaptic active zone molecules such as DSyd-1 (Ashraf et al., 2006; Owald et al., 2010). When a Dα7:GFP transgene is overexpressed in the Kenyon Cells (KC) of the Mushroom Body (MB), GFP puncta were observed within the dendritic claw-like ring surrounding Projection Neuron (PN) axon terminals marked by the active zone marker, Brpshort:Cherry (Christiansen et al., 2011). Notably, fly nAchRs also coexist on dendrites with other neurotransmitter receptors, such as the GABAA receptor Rdl in MN5 motoneurons, although there appears to be a spatial segregation between the two (Kuehn and Duch, 2013), supporting the potential role of dendritically localized nAchRs in generating action potentials and balancing GABAergic inhibitory input (Figure 3).
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FIGURE 3. Physiological responses towards nAchR-mediated cholinergic neurotransmission. Schematic diagram illustrating the three types of physiological events which occur through nAchR-mediated cholinergic signaling. nAchR activation at the postsynaptic density results in rapid depolarization of the postsynaptic cell, increasing the probability of an action potential and signal propagation to downstream circuit components (Lee and O’Dowd, 1999). Slower, secondary changes are initiated by secold messenger systems and through integration with incoming inhibitory synaptic transmission as well as neuromodulatory input (Su and O’Dowd, 2003; Campusano et al., 2007; Kuehn and Duch, 2013).


Evidence for cholinergic transmission in insects emerged in the 1970s and has since been demonstrated directly by physiological studies (Dudai and Amsterdam, 1977; Blagburn and Sattelle, 1987). In vitro cultured embryonic cholinergic neurons, expressing ChAT, produce fast and rapidly decaying inward currents that are readily detected as both miniature EPSCs (mEPSC) and action potential-evoked EPSCs, and can be reversibly silenced by application of the nAchR-specific antagonist curare but not GABA receptor or Glutamate receptor antagonists. Simple forms of calcium-dependent plasticity are also observed as mEPSC frequency increases following multiple rounds of KCl-induced depolarization (Lee and O’Dowd, 1999). Furthermore, nAchR-mediated cholinergic transmission was demonstrated using cultured MB neurons of dissociated pupal brains, where the majority of mEPSCs are α-Btx sensitive with a broad amplitude distribution (Su and O’Dowd, 2003; Figure 3).

There is also an extensive list of in vivo studies documenting the physiological importance of nAchRs. A well-studied case is the function of Dα7 in the Giant Fiber (GF) circuit, where Dα7 is responsible for relaying visual stimuli in the optic lobe to motoneurons in the periphery, generating a simple sensorimotor escape reflex seen in many insects. In Dα7 null mutants, defective responses from the dorsolongitudinal muscle (DLM) are observed and result from faulty neurotransmission between lobula columnar neurons and the GF neuron as well as between the peripherally synapsing interneuron (PSI) and DLM’s motoneuron (DLMn) (Thomas and Wyman, 1984; Trimarchi and Schneiderman, 1993; Fayyazuddin et al., 2006; Mejia et al., 2010, 2013). Later studies even identified particular residues, such as a highly conserved Tyrosine 195, that are directly involved in orchestrating agonist binding (Mejia et al., 2013). Surprisingly, these obvious and robust Dα7–/– phenotypes are not observed in lobulate plate tangential neurons (LPTCs), despite the fact that these cells are also a part of the light-induced escape reflex circuit, and also clearly express postsynaptic Dα7 puncta on both the VS- and HS-type dendrites of these cells (Leiss et al., 2009; Raghu et al., 2009). The fact that only LPTC recordings appear normal in Dα7 null animals is a strong indication that LPTC neurons, but not other cells in this circuit, experience nAchR subunit compensation. Although not fully understood, the phenomenon of one nAchR subunit substituting for another has been clearly demonstrated in mouse models as well and could provide critical information on subunits’ functional redundancies (Xu et al., 1999).

Drosophila nAchRs have also been investigated in the adult fly olfactory circuit, where they are active at the synapses between olfactory receptor neurons (ORN) and PNs, as well as higher order brain structures, such as the synaptic regions between the PNs and Kenyon Cells (KC) of the MBs (Kremer et al., 2010; Murmu et al., 2011). Genetic studies have even implicated specific subunits, such as Dα5 and Dα6 but not Dα7, in odor-evoked activity in the M4/6 MB Output Neurons (MBONs) (Barnstedt et al., 2016).



The Role of Cholinergic Signaling in Neurodevelopment, Cellular Plasticity and Morphogenesis

In addition to serving as the primary means of relaying excitatory neurotransmission in the fly CNS, nAchR-mediated cholinergic signaling also functions in regulating growth and anatomical features of the dendritic arbor. In the MN5 motoneuron, activation of Dα7-containing nAchRs results in a CamKII-dependent upregulation, and the nuclear translocation, of the early activity gene AP-1, the Drosophila homolog of Fos/Jun. This enables the dendrite outgrowth that normally occurs during the early pupal stage. Interestingly, not only are dendrite arborizations blocked by a dominant-negative form of AP-1 transgene, but premature activity at this same synapse results in diminished branching, implicating a tight temporal control for activity-dependent dendrite development in these neurons (Vonhoff et al., 2013). Later studies further demonstrated that Dα7-mediated excitatory transmission competes with Rdl-mediated inhibitory transmission during development. While being roughly equivalent initially, GABAergic and cholinergic domains may shift when there is an imbalance of inhibitory vs. excitatory activities, respectively. This phenomenon is thought to limit the range of morphological variability in this cell type (Ryglewski et al., 2017).

Our own studies in the larval visual circuit have demonstrated Dα6’s functions in synaptogenesis and dendrite development. Expressed in early larval stages, Dα6 has both autonomous and non-autonomous contributions to ventral lateral neurons’ (LNvs’) synapse formation. The loss-of-function mutants of Dα6 show a significant reduction in both synapse number and dendrite volume (Rosenthal et al., 2021). Additionally, there has also been a report of non-vesicular Ach release that is crucial for photoreceptor targeting in the developing adult optic lobe. Transgenic disruption of cholinergic signaling via manipulation of a temperature-sensitive allele of Choline acetyltransferase (Chats) and α-Btx application resulted in abnormal axon growth cones which do not align correctly when terminating in the lamina and lead to ectopic bundles. However, the absence of these phenotypes in VAchT mutants and animals exposed to tetanus toxin (TTX) suggests a non-canonical mechanism of Ach release (Yang and Kunes, 2004).

Nicotinic acetylcholine receptor activity has been linked to neural plasticity in the fly CNS. In many cases, this reflects the intricate and coincident relationship between cholinergic and other types of neurotransmission (Figure 3). In cultured KCs from pupal MBs, nicotine induces calcium transients from direct Ca2+ ion influx through nAchRs, as well as the release from intracellular stores and voltage-gated calcium channels. These calcium transients are significantly dampened by short conditioning pulses, indicating a strong experience-dependent modification (Campusano et al., 2007). Additional experimental evidence was produced by calcium traces recorded in isolated MB neurons that are consecutively exposed to GABA and Ach. Depending on the order of treatments, the calcium responses showed changes both in peak amplitude and decay time (Raccuglia and Mueller, 2014).

The connection between nAchRs and dopamine, which is a major research subject in vertebrate models, has also been explored in Drosophila. Using a variety of techniques and approaches, we have learned that MB KCs and a subset of dopaminergic neurons (DAn) form reciprocal axon-axonal synapses that are critical for olfactory learning (Cervantes-Sandoval et al., 2017). In the larval VNC, stimulation of nAchRs induces dopamine release, whereas in the MB, dopaminergic input onto KC axon terminals requires simultaneous stimulation from both cholinergic PN inputs and glutamatergic inputs from the ascending VNC (Ueno et al., 2017; Pyakurel et al., 2018).

Lastly, nAchR-mediated feedback loops also play an important role in the induction of homeostatic plasticity. In the MB calyx, both pre- and post-synaptic homeostatic adaptions are observed after artificial neuronal silencing (Kremer et al., 2010; Murmu et al., 2011; Figure 3). A series of experiments using cultured cholinergic neurons have further elucidated the involvement of nAchRs in regulating neuronal homeostasis. Here, pharmacological blockade of Dα7-mediated synaptic activity upregulates Dα7 protein synthesis. In the first phase, this blockade strengthens mEPSC inward currents and lasts several hours post-inhibition. The second phase is characterized by the calcium- and CamKII-dependent potentiation of the K+ channel Shal, which reverts mEPSC frequency and amplitude toward their original, pre-stimulation values. These results demonstrated the inhibition-triggered homeostatic upregulation of synaptic activity and how it is balanced by the enhancement of the hyperpolarizing K+ currents (Ping and Tsunoda, 2011). These findings were replicated in vivo through genetic manipulation of cholinergic activity (Eadaim et al., 2020), which also implicated the role of transcription factor NFAT that acts as the intermediate linking increased Dα7-dependent synaptic transmission with Shal upregulation.

To summarize, fly nAchRs are essential postsynaptic ligand-gated ion channels mediating excitatory transmission across chemical synapses, and their prevalence in the Drosophila CNS is demonstrated by a wide range of phenotypes observed in genetic mutants and in animals exposed to nicotine-like toxins. At the cellular level, these deficiencies appear as impaired agonist-induced inward currents. On a larger scale, they can manifest as defects in olfactory and visual processing or abnormal motor reflexes. In this way, nAchRs are similar to the ionotropic glutamatergic receptors (iGluR) in the vertebrate CNS, which support excitatory transmission in the majority of central synapses, rather than the central vertebrate nAchRs, which mainly modulate neuronal excitability and presynaptic release. However, central fly nAchRs also contribute to neuronal biology beyond simply propagating action potentials. As described above, nAchR-mediated cholinergic signaling is a key driving force of dendrite morphogenesis and axon guidance and also participates in neuronal plasticity and homeostatic adaptations, the latter of which may involve integration with other modes of ionotropic or metabotropic neurotransmission (Yang and Kunes, 2004; Kremer et al., 2010; Ping and Tsunoda, 2011; Vonhoff et al., 2013; Ueno et al., 2017). In vertebrates, neuronal development and plasticity rely on iGluR-mediated neurotransmission. For example, the NMDA receptor subtype of iGluR is highly permeable to calcium and ion influx through this receptor is critical for synaptic plasticity and scaling (Malenka and Bear, 2004; Cooke and Bliss, 2006). It is also a key component in driving the maturation of glutamatergic synapses and dendrite arborization, another functional similarity between fly nAchRs and vertebrate iGluRs (Wu et al., 1996, 1999; Sin et al., 2002). The analogous relationship between these two systems has important implications for future research on Drosophila nAchRs. For example, although not much is known about activity-dependent post-translational modifications of Drosophila nAchRs, phosphorylation events of iGluRs in the vertebrate system are well characterized for their influences on both the abundance of iGluRs at the postsynaptic density (PSD) as well as their biophysical properties (Sheng and Kim, 2011; Henley and Wilkinson, 2013). This observation, in combination with the presence of multiple predicted phosphorylation sites within the TM3-TM4 intracellular loop of many fly nAchR subunits, highlights the need to understand how phosphorylation states of nAchRs impact neurotransmission in the fly CNS.



SPATIAL AND TEMPORAL REGULATION OF THE NICOTINIC ACETYLCHOLINE RECEPTORS


Developmental Modulation of Nicotinic Acetylcholine Receptor Expression

Even during the early era of characterizing Drosophila nAchRs, it had become clear that the subunits and the receptors they form do not remain steady but display stark periods of up- and down-regulation. Generally, nAchR subunits’ expression is potentiated during embryogenesis, although the stage of initial detection varies by subunit (Hermans-Borgmeyer et al., 1986, 1989; Jonas et al., 1990; Schuster et al., 1993; Grauso et al., 2002). For example, the major transcript of Dα2 is observed in 2 h old embryos, whereas Dβ1 is not detected until late embryonic stages (Bossy et al., 1988). The end of embryogenesis usually represents the time of peak expression (Sawruk et al., 1990; Jonas et al., 1994). By the first instar larval stage, the transcript level tends to be greatly reduced and remains low through the duration of the larval stage. Expression typically rises again during the pupal and adult stages, although noticeable differences between subunits may persist (Hermans-Borgmeyer et al., 1989; Jonas et al., 1990; Sawruk et al., 1990; Grauso et al., 2002). In terms of spatial distribution, in situ hybridization shows strong labeling of nAchR subunits’ transcripts widely distributed in various regions of the brain and VNC, but never outside of the CNS. Antibody labeling and promoter reporter experiments produced similar spatial and temporal patterns, with the exception that nAchR protein is concentrated in the neuropil region, rather than the cortical cell body layer where the RNA signal is detected (Schuster et al., 1993; Hess et al., 1994; Jonas et al., 1994).

Anatomical studies also revealed other interesting aspects of nAchR subunit temporal regulation, such as isoform-specific expression profiles for Dα1 during the embryonic vs. adult period (Bossy et al., 1988). Moreover, for the Dβ1 subunit, a significant portion of RNA can be detected as incompletely spliced transcripts, and these transcripts also have a unique temporal expression profile compared to the fully spliced mRNA isoforms (Hermans-Borgmeyer et al., 1989), which may have functional consequences. Taken together, although temporal profiles of individual subunits may vary, general patterns of nAchR RNA and protein expression, which are elevated in the embryonic and pupa stages, are notably in congruence with major periods of neuronal differentiation, potentially enabling the increased production and delivery of nAchRs that contribute to cholinergic synapse development (Hermans-Borgmeyer et al., 1986; Schuster et al., 1993).

Our recent investigation on postsynaptic development in the larval LNvs has clarified the functional significance of the temporal regulation of different nAchR subunits. Early in larval development, the immature LNv expresses Dα6 at relatively high levels, which supports synapse formation. As the synaptogenesis period ends, Dα6 expression is suppressed while Dα1 is upregulated to stabilize the maturing synapse and enhance neurotransmission. This instance of “receptor switching” may in fact be a general phenomenon underlying synapse maturation in the fly CNS (Rosenthal et al., 2021). Interestingly, the LNvs also display a dramatic homeostatic response toward chronic elevation of synaptic input, which leads to reduced Dα1 expression in LNvs and dampened physiological output, suggesting that Dα1 also acts as the activity-regulated effector mediating the LNv’s homeostatic response.

Although the temporal regulation of nAchR subunits is demonstrated for multiple subunits, the upstream transcription factors remain unclear. Nonetheless, certain regulators have been uncovered through various screens and phenotypic analyses, including Ttk88 and Eve, two transcriptional repressors, and Acj6, a transcription factor which binds to the Dα4 and ChAT promoters (Estacio-Gomez et al., 2020). The Ttk88 consensus binding site AGGGC/TGG was identified in the Dβ2 gene, as well as several other neural-specific genes, including para and synapsin (Dallman et al., 2004). This observation, together with S2 cell transfection experiments, indicates that Ttk88 represses Dβ2 transcription in order to inhibit neuronal differentiation in non-neural lineages. A similar phenomenon was found in aCC/RP2 motoneurons, which receive cholinergic input through nAchRs. Here, overexpression of Eve diminishes the strength of mEPSCs and action-potential dependent currents (Pym et al., 2006). A transcriptomic analysis revealed an in vivo interaction between the Dα1 promoter and Eve. An additional overexpression experiment showed that ectopic Eve is sufficient to reduce the Dα1 RNA level by almost three fold. Thus, both Eve and TTk88 function in establishing non-neuronal properties by repressing the expression of nAchR subunits (Figure 4).
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FIGURE 4. Transcriptional and post-transcriptional mechanisms regulating nAchRs’ expression, maturation, synaptic integration and activity. Drosophila central neurons control the production and activity of nAchRs through distinct steps by integrating regulatory influences exerted by presynaptic activity or the internal state of the animal. A simplified illustration of potential events and current molecular findings related to the transcriptional and posttranslational regulation of nAchRs is shown.




Post-translational Regulation of Nicotinic Acetylcholine Receptor Assembly and Activity by Accessory Proteins

Between the initial steps of nAchR subunit translation to the assembly of a fully operational pentameric channel at the synaptic site, multiple tightly controlled processes occur (Figure 4). Post-translational regulatory steps affect protein folding and modification, receptor assembly and trafficking, as well as their synaptic integration. Although it appears that at least several of the proteins regulating nAchR synthesis and processing are conserved between flies, worms and vertebrates, much remains to be discovered (Jones et al., 2010).

One of the early points of post-translational regulation occurs within the Golgi and ER complex, where critical molecular chaperones, such as Ric-3, are needed for nAchR subunit assembly. Ric-3 was initially identified by genetic screens in C. elegans and found to have a conserved function in mammals and Drosophila (Halevi et al., 2002, 2003). In cell culture systems, Dα2 and Rat β2 transfection only produce epibatidine binding sites when co-transfected with dRic-3 and the degree of binding varies significantly between the alternatively spliced isoforms of dRic-3 (Lansdell et al., 2008). Dα5-Dα6 heteromers have also been produced when assisted by either dRic-3 or C. elegans Ric-3 (Lansdell et al., 2012). Importantly, these artificially generated nAchRs have α-Btx binding sites and are functional at the plasma membrane, demonstrated by the production of strong Ach-gated inward currents, suggesting that Ric-3 facilitates the formation of properly folded, mature nAchR receptors. Interestingly, human Ric-3 also facilitates the assembly of epibatidine-sensitive Drosophila receptors, although the efficiency varies based on the host cell type. Additional coprecipitation experiments revealed that dRic-3 physically interacts with several fly α and β subunits and even the human α7 subunit, supporting the direct chaperone activity of dRic-3 on multiple subunits.

After receptor assembly and trafficking, nAchRs rely on extracellular matrix and transmembrane proteins to ensure a stable integration to the synaptic sites. Genetic and biochemical experiments have shown that Hasp and Hig are two such factors that interact sequentially with nAchRs in the developing fly brain (Nakayama et al., 2014, 2016). In the early stages of synaptic development, the CCP domain-containing protein Hasp is secreted then localizes to cholinergic synapses. Later, the intermediate nAchR recruiter Hig, another secreted factor, is captured by Hasp. Interestingly, while the MB calyx of either hig- or hasp-deficient animals have reduced levels of synaptic Dα6 and Dα7, nAchR subunit deficiency can also cause reduced synaptic accumulation of Hig, whereas Hasp is unaffected due to its earlier presence at the synapse. In addition, the presynaptic membrane protein Lrp4 regulates excitatory cholinergic synapse number and active zone structure (Mosca et al., 2017). Interestingly, the vertebrate Lrp4 homolog is also a central component of synaptogenesis at the NMJ but is localized postsynaptically (Zhang et al., 2008).

Even after the nAchR has been stably inserted into the membrane, its activity can still be altered. For instance, to dampen nAchR-mediated excitatory neurotransmission during resting/sleep periods, the GPI-anchored protein Quiver/Sleepless (Qvr) is required for the physiological downregulation of Dα3 activity (Dean et al., 2011; Wu et al., 2014). Due to the deficit in nAchR downregulation, qvr mutants are characterized by a significant reduction in sleep, which can be rescued by application of the nAchR antagonist mecamylamine or knockdown of either Dβ3 or Dα3, the latter of which also coprecipitates with Qvr in vitro. These results, together with the finding that Dα3 and Dβ3 RNA levels are unaltered in qvr mutants, support the idea of Qvr functioning as an activity modulator of fully assembled nAchRs. Finally, although phosphorylation events of Drosophila nAchRs have not been studied in detail, multiple subunits contain predicted phosphorylation sites within their large TM3-TM4 loop, which has been linked to receptor desensitization, and nAchRs in the vertebrate system including α4 and α7 are known targets of PKA and PKC (Gundelfinger and Hess, 1992; Broughton et al., 1996; Schulz et al., 1998; Kabbani et al., 2013).

As mentioned in previous sections, plasticity is a widespread occurrence at cholinergic synapses, and in some cases, is strongly tied to post-translational events (Figure 4). A great example is related to the case we discussed earlier: inhibition of nAchR-mediated cholinergic activity which drives the transcription-independent increase in Dα7-mediated currents, (Ping and Tsunoda, 2011; Eadaim et al., 2020). The observation that overexpressing the nAchR-associated chaperone NACHO alone can enhance this homeostatic response indicates that post-translational processes can also elevate cholinergic transmission even when total nAchR protein levels remain constant.

In summary, compared to the general expression patterns and temporal dynamics of nAchRs in the Drosophila CNS, much less is known about the regulatory networks that dictate the transcriptional and post-translational regulation of individual subunits. But in these areas lie great opportunities for exciting discoveries. First, while there appears to be a correlation between nAchR expression and neuronal differentiation and synaptogenesis, the upstream factors controlling this process are likely subunit- and developmental stage-specific (Rosenthal et al., 2021). Such an example can be seen in the vertebrate system: the presence of NMDA-type iGluRs at so-called “silent” synapses, whose activation requires stronger depolarization events, often temporally precedes the synaptic recruitment and integration of AMPA-type iGluRs (Malenka and Bear, 2004). Development of the cholinergic NMJ in vertebrates is also influenced by synaptic activity and is under transcriptional control. During NMJ formation, synaptic transmission is important for preventing extrasynaptic nAchR clustering. In addition, a neonatal switch in nAchR receptor composition, in which the γ subunit is replaced by the related ε subunit, has also been identified (Sanes and Lichtman, 1999, 2001). Studies on the transcription factors regulating nAchR subunits expression could lead to better understanding of common principles regulating neuronal plasticity. Secondly, nAchR abundance and activity at the synapse is clearly under tight regulation through post-translational events, where key accessory molecules contribute to the unique spatiotemporal expression patterns of their target subunits. One interesting question is how these auxiliary proteins act during activity-induced plasticity to generate acute changes in nAchR functionality, similar to the case in which NMDA receptor-dependent Ca2+ ion influx triggers the translocation of vesicle-bound AMPA receptors to the PSD (Park, 2018). Finally, studying various nAchR-related accessory proteins in Drosophila may also be an effective avenue for developing cholinergic signaling-related therapeutics. In contrast to the traditional use of nicotinic-type agonists and antagonists to directly manipulate nAchR activity, targeting various chaperones and accessory proteins might offer additional options for pharmaceutical development.



NEW STRATEGIES TO INVESTIGATE THE FUNCTIONS AND REGULATION OF DROSOPHILA NICOTINIC ACETYLCHOLINE RECEPTORS

Since the first Drosophila nAchR gene was cloned over 30 years ago, the field has made tremendous headway in cataloguing the diversity of nAchR subunits and their individual functions. The traditional means, such as heterologous expression and genotype-phenotype analyses, have thus far been informative. However, new techniques have been gaining traction in the past decade and greatly complement these traditional approaches, which still have not been able to clarify native receptor subunit composition in the fly CNS. This section will allude to several of these developments which have already shown promising results since their implementation.


Examining the Native Expression and Localization of Nicotinic Acetylcholine Receptor Subunits Using Endogenous Tagging Approach

Perhaps the most significant hurdle to understand the functions of nAchR subunits in Drosophila is the enduring difficulty of identifying the endogenous distribution and organization of the pentameric channels (Dupuis et al., 2012). One initial step to circumvent this barrier is to study the native expression of nAchRs in vivo using the endogenous tagging approach. The MiMIC (Minos-mediated integration cassette) technique developed by the Gene Disruption Project allows the insertion of either an in-frame GFP tag or a Gal4 element into the coding introns of specific subunits. Currently, more than half of the fly nAchR gene family has established MiMIC lines available from public sources, revealing the expression patterns of individual nAchR subunits (Venken et al., 2011; Gnerer et al., 2015) (Gene Disruption Project).

More recently, significant efforts have also been made to perform endogenous tagging of all neurotransmitter receptor genes using CRISPR-Cas9-mediated genomic editing. This led to a collection of T2A-Gal4 lines that contains Gal4 elements directly inserted into the C-terminus region of individual subunits, without interfering with their coding sequences (Deng et al., 2019; Kondo et al., 2020). Although currently these lines only report the subunits’ general tissue distribution, Gal4-to-GFP conversion using the RMCE (Recombination-mediated cassette exchange) technique could also create a knock-in GFP tag at the same location and reveal the native expression pattern of the subunits with subcellular resolution.

Both approaches mentioned above have been used successfully to demonstrate subunit-specific expression patterns of nAchRs. For example, analysis of Gal4-expressing MiMIC lines revealed that Dα6, but not Dα1, is transcriptionally active in the local optic lobe pioneer (lOLP) neurons of the larval visual circuit. This is supported by the staining pattern seen in a Dα6, but not Dα1, allele expressing an endogenously tagged receptor. Similar comparisons made between the subunit-specific T2A-Gal4 alleles were also helpful in unveiling cell-to-cell variations in expression, such as the intense signal for Dα3, but not Dβ2, in the larval LNvs (Figure 5) (Rosenthal et al., 2021). These tools have the advantage of labeling the neuropil or nuclei of the nAchR-expressing cells, thereby achieving a resolution that can be difficult to accomplish with antibody staining alone. Finally, although the knock-in T2A-Gal4 vs. MiMIC-Trojan-Gal4 staining patterns are not necessarily identical, they display similar anatomical profiles and likely reflect true expression of the subunits. This can be seen, for example, in our recent publication where both Dα6 Gal4 lines broadly label the central neuropil and cortex layer, consistent with the endogenously tagged Dα6 protein expression.
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FIGURE 5. Endogenous Dα6 expression pattern is revealed by endogenous tagging approach. Top: A knock-in Trojan-Gal4 gene trap in the Dα6 locus driving mCD8::GFP (white) expression. Bottom: anti-HA antibody staining on a CRISPR/Cas9 engineered Dα6::HA allele (white). Both methods reveal similar staining profiles in the third instar brain lobe. Right panels: Magnified views of brain regions proximal to the ventral lateral neurons (LNvs)(green). Both samples show the positive labeling of the larval optic lobe pioneer neurons (IOLPs, arrowhead) (Taken from Rosenthal et al., 2021).




Genetically Encoded Sensors to Evaluate the Physiological Functions of Nicotinic Acetylcholine Receptors

As discussed in the previous sections, physiological characterization of nAchR-mediated currents and calcium flux through electrophysiological recordings has been significantly hampered by the difficulties associated with heterologous insect nAchR expression in an in vitro setting. To study biologically relevant nAchR channel physiology, several technologies now allow for direct in vivo recording from live animals and/or live tissue explants. The most widely used is calcium imaging using GCaMP, which fuses one segment of the Ca2+-binding protein Calmodulin with the fluorescent reporter GFP and reflects intracellular calcium concentration by changes in intensity. Different versions of calcium indicators, such as GCaMP, RCaMP and Chameleon, have been used for over 15 years in Drosophila, including in multiple cell types receiving cholinergic input through nAchRs (Raccuglia and Mueller, 2014; Wu et al., 2014; Barnstedt et al., 2016; Cervantes-Sandoval et al., 2017; Sheng et al., 2018; Simpson and Looger, 2018; Yin et al., 2018).

The inherent caveat of calcium imaging is that measurements of only Ca2+ flux may not fully reflect changes in current or membrane potential. This can be addressed by using voltage indicators. Commonly used variants, such as ASAP and ArcLight, are constructed from the voltage-sensing domain (VSD) of a tunicate and chicken voltage-sensitive phosphatase, respectively, together with GFP, and have also been efficaciously demonstrated in visual and olfactory circuits of Drosophila (Cao et al., 2013; Yang et al., 2016). Lastly, there is the recently developed GRABAch (GPCR-activation-based Ach) sensor, which consists of a muscarinic Ach receptor (mAchR) and an internally placed GFP. Here, Ach binding induces the conformational change which results in fluorescence. With the sufficient sensitivity and fast response, this new type of Ach sensor has been able to shed light on the release kinetics and diffusion patterns of Ach in the mushroom bodies and antennal lobes of the adult Drosophila olfactory circuit (Jing et al., 2018, 2020). By identifying specific sites of Ach release, this technique may also assist in understanding whether nAchR activation in the fly CNS occurs outside the postsynaptic density at appreciable rates, as it does in the vertebrate system.

In summary, genetically encoded calcium sensors and voltage indicators have been exceptionally helpful for assessing the physiological responses evoked by cholinergic neurotransmission through live imaging. Not only do these optic recordings bypass the need for heterologous expression, they also preserve the native synaptic environment and allow for simultaneous observations of multiple cellular compartments or neuronal populations. In addition, the Ach sensors have the potential to provide the much-needed spatial resolution in order to answer questions about the activation patterns of Drosophila nAchRs at the subcellular level.



Inferring Nicotinic Acetylcholine Receptor Molecular Function Through Homology Modeling

The lack of a Drosophila nAchR X-ray crystal structure is another area where the fly model is currently at a disadvantage. Crystallography first resolved the structure of the acetylcholine binding protein (AchBP), which is homologous to the nAchR extracellular domain, for the snail L. stagnalis in 2001 and later in the sea slug A. Californica (Brejc et al., 2001; Ulens et al., 2006). Examinations in vertebrates, using either the full protein or extracellular domain, led to the acquisition of crystal structures for multiple vertebrate subunits, including mouse α1 as well as human α2 α4, α9, and β2 (Dellisanti et al., 2007; Zouridakis et al., 2014; Kouvatsos et al., 2016; Morales-Perez et al., 2016). Structural analyses of nAchRs tremendously helped define and/or support the predictions made regarding the receptor topology, the interaction interface with various agonists/antagonists, as well as key residues mediating these interactions. Fortunately, because nAchR orthologs are generally well-conserved in amino sequence, it is feasible to model Drosophila subunits and theoretical receptor subtypes using their vertebrate counterparts as templates. In one example, mouse α4 was used as a template to simulate the structure of fly α1 and β2 subunits, and their interface in a pentameric channel (Liu et al., 2010). This model predicted a rapidly stabilizing complex and the free energy comparisons between the template and the model were also able to accurately predict the higher affinity of the Drosophila α subunit toward the insecticide imidacloprid than that of the mouse α subunit. These predications are consistent with the sensitivity disparities observed in vivo as well as in vitro. Therefore, until the Drosophila nAchR crystal structure is determined experimentally, the homology modeling approach could potentially be used to ascertain the general structure of fly nAchRs, and to deduce the contribution of individual amino acids to ligand affinity, ion species conductance and other biophysical/biochemical properties.



Contextualizing Individual Nicotinic Acetylcholine Receptor Subunit Function With Global Transcriptomic and Proteomic Analyses

One technology now routinely used to comprehend gene expression at a high-throughput level, and which also holds great potential for nAchR studies, is the transcriptomics approach. This group includes a variety of techniques, such as RNA sequencing (RNA-seq) and microarrays, which have been used to in the past to interrogate distinct cell and tissue populations in Drosophila at various developmental stages or under different environmental conditions, such as cold exposure (Zhang et al., 2011; Karaiskos et al., 2017; Hung et al., 2020). In particular, the powerful tissue-specific bulk RNA-seq or single-cell RNA-seq (scRNA-seq) both help define the array of nAchR subunits produced in a specific cell type. For instance, cell-specific RNA-seq using adult MBs showed that V2 mushroom body output neurons (MBONs) express Dα3, Dα4, and Dα7, whereas the γ-type intrinsic Kenyon cells expressed Dα3 and Dα7, but not Dα4 (Crocker et al., 2016). Cell-type specific expression of nAchR subunits, as well as correlating expression between subsets of nAchR genes, are also supported by studies analyzing the mushroom bodies and other olfactory circuit elements using drop-seq and TAPIN-seq (Croset et al., 2018; Shih et al., 2019).

In recent years, new proteomics techniques have been developed to analyze the protein composition at the synaptic sites. One such example is the chemical-genetics approach, proximity labeling, which could unravel the protein-protein interactions that take place during the course of nAchR maturation and synaptic integration. As mentioned earlier in this review, co-immunoprecipitation (Co-IP) experiments have indicated potential permutations of subunit co-assembly, which can be further corroborated by scRNA-seq datasets. However, co-IP lacks the cellular resolution and could introduce artifacts due to the non-native environment and altered protein concentrations introduced by the sample preparation. These limitations can be addressed partly through proximity labeling, which not only entails cell-specific labeling, but also reflects the spatial proximity within a small radius (i.e., several nanometers), and therefore is ideal to capture the dynamic interactions between nAchR subunits and their accessory proteins in different neuronal types. This nascent technology has already been tested and validated in Drosophila and expanded the known components of protein-protein networks relating to ring canal (RC) bridges functioning during gametogenesis as well as the Ecdysone receptor/Ultraspiracle (EcR/USP) transcriptional regulator complex (Mannix et al., 2019; Mazina et al., 2020). Given its successful applications in mammalian synapses (Branon et al., 2018; Cho et al., 2020), proximity labeling may be employed to determine both the native compositions of pentameric nAchR channels, as well as the accessory proteins that facilitate each nAchR subunit’s synaptic localization and function.



CONCLUDING REMARKS

The structure, function and regulation of nAchRs has been a premier research topic in neuroscience, a trend that will likely persist given its multifaceted roles in nervous systems across the animal kingdom. Toward this end, we consider excitatory cholinergic transmission in Drosophila CNS as an effective model to study nAchR-mediated signaling. Not only does it serve the purpose for expediting molecular discoveries related to central cholinergic synapse development and plasticity, but it also has relevance for insect-specific questions, such as modeling insecticide resistance in wild populations, and understanding the species-specific usage of nAchR subunits for a wide variety of behaviors and cognitive processes. And as technologies advance, the field will move closer to solving longstanding questions, including the compositions of endogenous fly nAchR pentamers, as well as how these receptors are globally regulated by transcriptional and post-transcriptional mechanisms to achieve specific distributions and functions in a time- and context-dependent fashion.
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Coordination of dendrite growth with changes in the surrounding substrate occurs widely in the nervous system and is vital for establishing and maintaining neural circuits. However, the molecular basis of this important developmental process remains poorly understood. To identify potential mediators of neuron-substrate interactions important for dendrite morphogenesis, we undertook an expression pattern-based screen in Drosophila larvae, which revealed many proteins with expression in dendritic arborization (da) sensory neurons and in neurons and their epidermal substrate. We found that reporters for Basigin, a cell surface molecule of the immunoglobulin (Ig) superfamily previously implicated in cell-cell and cell-substrate interactions, are expressed in da sensory neurons and epidermis. Loss of Basigin in da neurons led to defects in morphogenesis of the complex dendrites of class IV da neurons. Classes of sensory neurons with simpler branching patterns were unaffected by loss of Basigin. Structure-function analyses showed that a juxtamembrane KRR motif is critical for this function. Furthermore, knock down of Basigin in the epidermis led to defects in dendrite elaboration of class IV neurons, suggesting a non-autonomous role. Together, our findings support a role for Basigin in complex dendrite morphogenesis and interactions between dendrites and the adjacent epidermis.
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INTRODUCTION

Morphogenesis of neuronal dendritic arbors influences neuronal connectivity and functional specialization and is thus a critical step in nervous system development. Growing evidence indicates that dendrite morphogenesis is a tightly regulated process and that perturbations of the genetic programs that orchestrate it can result in defects that manifest both at the circuit and behavioral levels (Puram and Bonni, 2013; Dong et al., 2015). Unraveling the molecular basis of dendrite morphogenesis is therefore an important goal.

Neurons have complex cell-intrinsic molecular programs that regulate dendrite patterning and may be influenced by extrinsic factors (Corty et al., 2009; Dong et al., 2015). The interstitial spaces between neurons house a complex mélange of molecules secreted by diverse cell types that provide physical support as well as important developmental cues to neurons. In a growing nervous system, this rich extracellular molecular environment and the cellular substrates with which neurons interact change continuously in physical size and molecular profiles. For example, a developmentally programmed switch occurs in the composition of extracellular matrix (ECM) from an embryonic and early postnatal form to a mature adult form starting about 2 weeks after birth in the mammalian brain (Zimmermann and Dours-Zimmermann, 2008). Proper formation and subsequent maintenance or refinement of dendritic arbors must therefore involve precise coordination of arbor morphogenesis with such changes in the cellular/molecular substratum of neurons. Given the tremendous diversities of neuronal subtypes and their substrate environments across the nervous system, the mechanisms underlying such coordinative processes are likely very complex.

Several studies have begun to shed light on the molecular and cellular bases of dendrite-substrate interactions. In Drosophila larval sensory neurons, coordination of dendrite arbor size with that of the overlying epithelial cells is mediated via regulation of epithelium-ECM and epithelium-dendrite interactions by the microRNA bantam (Parrish et al., 2009; Jiang et al., 2014). Sensory neuron-ECM interactions mediated by integrins promote dendrite self-avoidance and maintenance by restricting branches largely to a two-dimensional plane (Han et al., 2012; Kim et al., 2012). Likewise, a ligand-receptor complex consisting of DMA-1 in neurons and SAX-7, LECT-2, and MNR-1 in the surrounding hypodermal tissue patterns the dendritic arbors of PVD mechanosensory neurons in Caenorhabditis elegans (Dong et al., 2013; Salzberg et al., 2013; Ziegenfuss and Grueber, 2013; Zou et al., 2016). Thus, adhesion receptors are strong candidates for providing signaling and attachment cues that promote dendritic elaboration, spatial patterning, and maintenance.

In this study, we sought to identify membrane-derived cues that promote dendritic elaboration, focusing on Drosophila larval dendritic arborization (da) sensory neurons. Following an expression pattern-based screen of publicly available protein-trap lines (Kelso et al., 2004; Buszczak et al., 2007), we focused on Basigin, an immunoglobulin (Ig) superfamily (IgSF) member and mediator of ECM remodeling in vertebrates. Despite its wide expression in the vertebrate brain (Allen Mouse Brain Atlas), the function of Basigin in the nervous system remains poorly understood. Basigin mediates cell-cell interactions between pre- and post-synaptic surfaces at the Drosophila neuromuscular junction (NMJ) (Besse et al., 2007), and between neurons and glia in the visual system (Fadool and Linser, 1993; Curtin et al., 2007). A recent study of the RNA binding protein Found in neurons (Fne) identified Bsg as one target that mediates sensory dendrite morphogenesis in neurons and substrate (Alizzi et al., 2020). These reports, together with the observed expression pattern, suggested that Basigin plays an important role in mediating neuron-substrate interactions that regulate dendrite morphogenesis. Our results confirm a cell-autonomous role for Basigin in neurons and also support a non-autonomous requirement in epidermal cells for proper dendrite morphogenesis. Structure-function analysis provided additional insights into Basigin function. We propose that Basigin mediates interactions between dendrites and epidermal cells that regulate dendrite morphogenesis in part by modulating the neuronal cytoskeleton through a conserved motif in its intracellular tail. Our findings also demonstrate the utility of an expression-based screen in identifying molecules that mediate dendrite morphogenesis.



MATERIALS AND METHODS


Fly Genetics, Stocks and Reagents

Protein-trap lines utilized in our screen were made and provided by the laboratories of Dr. Allan Spradling (Carnegie Institution for Science) (Buszczak et al., 2007) and Dr. Lynn Cooley (Yale University) (Quiñones-Coello et al., 2007). The Basigin null allele bsgδ265 (Curtin et al., 2007) was provided by Dr. Kathryn Curtin (University of Arkansas). Transgenic lines for expression of full-length Basigin (UAS-bsgFL, UAS-bsgFL::GFP) and mutant variants (UAS-bsgKRR > NGG::GFP, UAS-bsgextra::GFP) (Besse et al., 2007) were provided by Dr. Anne Ephrussi (EMBL Heidelberg). The Basigin RNAi line was obtained from the Vienna Drosophila RNAi Center (Transformant ID: 105293) (Dietzl et al., 2007). IT(0871-Gal4), referred to as 871-Gal4 in the text, was provided by Dr. Thomas Clandinin (Stanford University). To generate the UAS-Bsg-G transgenic line, full-length cDNA of Bsg-G was first made by appending missing sequences to the partial Bsg-G cDNA obtained from the GH21853 cDNA clone (Drosophila Gold Collection, Berkeley Drosophila Genome Project). A c-terminal FLAG tag was added to the full-length Bsg-G cDNA and sub-cloned into a pUASTattB vector containing the mini-white gene. Plasmids were then injected into Drosophila embryos and transformants were selected based on eye color of adults. All other reagents were obtained from the Bloomington Drosophila Stock Center (Indiana University). Animals of either sex were used. Genotypes of animals analyzed for the experiments described herein are listed below. Animals were raised at 25°C, except those used for RNAi-based knockdown experiments, which were raised at 29°C.



Mosaic Analysis With a Repressible Cell Marker Experiments

Control: hsflp, GAL4elav, UAS-mCD8GFP/+; TubP-Gal80 FRT40A/FRT40A

bsgδ265: hsflp, GAL4elav, UAS-mCD8GFP/+; TubP-Gal80 FRT40A / bsgδ265 FRT40A.



Structure-Function/Rescue Experiments

Control: hsflp, GAL4elav, UAS-mCD8GFP/+; TubP-Gal80 FRT40A / FRT40A

bsgδ265: hsflp, GAL4elav, UAS-mCD8GFP/+; TubP-Gal80 FRT40A / bsgδ265 FRT40A

Full-length Basigin: hsflp, GAL4elav, UAS-mCD8GFP/+; TubP-Gal80 FRT40A / bsgδ265 FRT40A; UAS-bsgFL / +

Extracellular Basigin: hsflp, GAL4elav, UAS-mCD8GFP/+; TubP-Gal80 FRT40A / bsgδ265 FRT40A; UAS-bsgextra::GFP / +

Basigin with KRR > NGG mutation: hsflp, GAL4elav, UAS-mCD8GFP/+; TubP-Gal80 FRT40A / bsgδ265 FRT40A; UAS-bsgKRR > NGG::GFP / +

Dendritic localizations of full-length and mutated Basigin: ppk-Gal4/+; UAS-bsgFL::GFP / +, ppk-Gal4/+; UAS-bsgKRR > NGG::GFP/ +, ppk-Gal4 / bsgδ265 FRT40A; UAS-bsgKRR > NGG::GFP/ +.



Epidermal Basigin Knock Down and Overexpression

Validation of IT (871)-Gal4 line: 871-Gal4/UAS-mCD8GFP

Control: 871-Gal4 / ppk-CD4tdGFP

Basigin-RNAi: UAS-bsgRNAi / bsgδ265; 871-Gal4 / ppk-CD4tdGFP

Basigin overexpression: 871-Gal4/UAS-Bsg-G.



Antibodies

The following antibodies were used: chicken anti-GFP (ab13970, Abcam, RRID:AB_300798, 1:500), goat anti-HRP (Sigma, 1:250), mouse anti-Coracle (c556.9 and c615.16, RRID:AB_1161644; developed by R. Fehon, 1:40), mouse anti-E-Cadherin (5D3, RRID:AB_528116; developed by B. Gumbiner, 1:100), rabbit anti-dsRed (632496, Clontech, RRID:AB_10013483:, 1:250), rat anti-Basigin (a kind gift from Anne Ephrussi (Besse et al., 2007), 1:100), rabbit anti-FLAG (Sigma, 1:100) and mouse anti-βPS integrin (CF.6G11, RRID:AB_528310; developed by D. Bower, 1:10). CF.6G11, 5D3, c556.9 and c615.16 were obtained from the Developmental Studies Hybridoma Bank developed under the auspices of the NICHD and maintained by the University of Iowa, Department of Biology. Species-specific secondary antibodies (Jackson Immunoresearch) raised in donkey were used at 1:250. Permeabilization was done with 0.3% Triton-X100 except for rat anti-Basigin staining which required Tween-20.



Immunohistochemistry

Filleted 3rd or 2nd instar larvae were fixed in 4% paraformaldehyde for 18 min at room temperature on a tabletop shaker and stained using standard immunohistochemical techniques largely as described before (Grueber et al., 2002). Live-staining of Basigin was conducted by directly applying the primary antibody solution to filleted larvae and incubating for 15 min at room temperature. The animals were then rinsed thrice with 1x PBS every 3 min and fixed immediately using 4% paraformaldehyde. Subsequent staining procedures were identical to those used for fixed larval fillets.



Quantitative Analysis

Morphometric analysis was conducted by tracing dendritic arbors using Neurolucida (RRID:SCR_001775, MBF Bioscience, United States). Dendrite tracing was carried out in confocal stacks captured using identical z-sectioning parameters (class IV) or flattened projections (class I). For Basigin rescue and epidermal knock-down experiments, the dorsal posterior quadrant was selected and quantified as a representative of the entire class IV dendritic tree. Validity of this approach was ascertained by comparing branches between the dorsal posterior quadrant and full arbor for each neuron in the control (N = 6) and basigin mutant (N = 9) groups. As shown in Supplementary Figure 2, the number of nodes in the posterior dorsal quadrant of each neuron constituted an equivalent proportion of, and scaled down linearly relative to, those over the entire arbor in both control and mutant neurons (proportions: 27.67 ± 3.40% and 26.81 ± 4.90%, respectively; p = 0.696; Supplementary Figures 2C,D). Furthermore, the extent of decrease in branching in basigin mutant neurons relative to the control was almost identical when quantified over the full arbor (26.71%) or only in the dorsal posterior quadrant (28.17%) (Supplementary Figure 2E).

Dendrite field size of class IV neurons was measured as the area of the smallest convex polygon enclosing the full dendritic tree (Convex Hull method) using the Hull and Circle plug-in (Karperien, 2005) in ImageJ (RRID:SCR_003070). In order to determine differences in the extent to which each arbor filled its dendritic field, coverage density (CD) was calculated as follows: a flattened confocal or traced image of a class IV dendritic tree was overlaid with a grid of square boxes (Supplementary Figure 2B). The size of the square box depended on the overall dimension of the arbor such that the box area was equal to the square root of area of the rectangle that wholly contained the dendritic tree. CD was then calculated as the ratio of number of boxes containing dendrites to the total number of boxes, multiplied by 100. The Box Counting feature in FracLac plugin (Karperien, 2013) for ImageJ was used wherever possible (traced images) for automated detection of boxes containing dendrites (Supplementary Figure 2B); others (confocal images) were analyzed manually with the genotype of each neuron masked prior to analysis.
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Statistical Analysis

Statistical analysis was conducted using the R software package (R Project for Statistical Computing, RRID:SCR_001905). All data were checked for Gaussian distribution (Shapiro-Wilk test) and analyzed further by either Welch’s t-test or Wilcoxon Rank Sum Test, as appropriate, for two-sample comparisons. Multiple sample comparisons were done by performing Analysis of Variance (ANOVA) followed by a suitable post hoc test for pairwise comparisons as noted in figure legends. Statistical significance was inferred if p < 0.05. Data are presented as box plots in which the top and bottom box boundaries demarcate interquartile range (IQR) while whiskers represent 75th percentile + 1.5∗IQR and 25th percentile – 1.5∗IQR. Thick horizontal lines and black dots within boxes represent median and mean, respectively. Raw data are shown as points laid over box plots; placement of such points along the x axis was randomized within the constraints of group boundary to avoid visual occlusion when y values are similar.



RESULTS


A GFP Trap Screen for Proteins Expressed in the Peripheral Nervous System and Nearby Cells

To identify genes involved in dendrite morphogenesis, we examined the expression patterns of >250 genes in third instar Drosophila larvae using protein trap insertion lines generated previously (Morin et al., 2001; Buszczak et al., 2007; Quiñones-Coello et al., 2007). Each of the screened lines contained a GFP-coding exon inserted in a gene locus, which results in GFP-tagging of its protein products. Larval peripheral nervous system (PNS) expression data for all protein traps that we examined is provided in Figure 1. Approximately half of the lines showed expression in the larval PNS (Figures 1, 2). Of those with predominantly neuronal expression, some showed different class-specific levels of expression in da neurons. For instance, Jupiter::GFP showed strong expression in class I da neurons (Figure 2B). We observed punctate localization along dendrites in several lines (e.g., Tsp42Ee::GFP, ArgK::GFP, and Chrb: GFP) (Figures 2C–E). On the other hand, VAChT::GFP was expressed in all neurons, but at discrete levels anti-correlated with the branching complexity of da neurons—high in class I and low in class III and IV neurons (Figure 2F). A subset of lines showed ubiquitous nuclear expression (e.g., CB04957 for LamC, Figure 1) that may not reflect bona fide protein expression and localization due to enhancer trapping, as explained previously (Buszczak et al., 2007). However, some lines showed variable or non-nuclear GFP expression in addition to ubiquitous nuclear GFP (e.g., CB02121 for homer, Figure 1). A total of 78 lines showed expression in both neurons and epidermis. A subset of these lines featured dendritic GFP localization in neurons, and strong but intermittent epidermal enrichment of GFP adjacent to dendrites (e.g., Nrg::GFP in Figure 2G). We chose to focus further on the multifunctional immunoglobulin superfamily member Basigin (Bsg) based on its expression in both neurons and epidermal cells (Figure 3A).
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FIGURE 1. Cell type-specific protein expression and localization patterns in da neurons revealed by screen of protein trap lines. Chart showing the results of a screen of protein trap lines. Green indicates that GFP expression was observed, while gray indicates absence of detectable GFP signal by epifluorescence microscopy. Line ID refers to names assigned by creators of the lines, and the gene associated with each line is based on insertion site of the GFP-coding exon. Some lines exhibit ubiquitous nuclear GFP expression, which may be due to enhancer trapping and may not reflect true expression pattern of the associated gene (see text).
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FIGURE 2. Expression patterns of select protein trap lines in dorsal cluster sensory neurons. (A) Schematic of typical cell body positions of da neurons in the dorsal cluster of the larval body wall. Labels show names and neuron class. Magenta asterisks in all panels mark positions of ddaE (right) and ddaC (left) for spatial reference. Examples of class-specific expression in Jupiter::GFP (B) and Tsp42Ee::GFP (C) lines, punctate dendritic GFP pattern in ArgK::GFP (D), widespread sensory expression in Chrb::GFP (E) and vAChT::GFP (F) lines. Bottom panels show enlarged regions marked by yellow rectangles in panels above. Note correlation between ArgK::GFP localization and dendritic branch points of class I neuron ddaE (D, yellow arrows) (G) Example of a protein trap line (Nrg) with GFP expression in both neurons and epidermal cells. In the epidermis, strong localization is seen at cell borders (red arrowhead). Panels on the right are close-ups showing regions with strong localization in neuronal dendrites (top panel, yellow arrow), and in epidermal cells (bottom panel, yellow arrowheads) underneath dendrites. Scale bars, main panels: 25 μm (B-G), enlarged bottom or side panels: 75 μm (B,C,E,F), 65 μm (D) and 50 μm (G).
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FIGURE 3. Basigin is expressed in da neurons and their epidermal cell substrates. (A) Basigin::GFP expression in epidermal cells and da neurons in the Drosophila larval body wall at third instar stage. Basigin::GFP localized to soma (red arrows), axons and dendrites of neurons. In the epidermis, Basigin::GFP localized to cell borders and along dendrite segments (yellow arrows), overlapping almost completely with the septate junction resident protein Coracle. (B) Basigin::GFP in the larval NMJ and photoreceptors, two structures that have previously been shown to require Basigin for proper morphogenesis (Besse et al., 2007; Curtin et al., 2007). (C) w1118 larvae were labeled with α-Bsg and α-HRP under standard immunohistochemical conditions. Basigin expression was observed in da neurons, with localization to dendrites (yellow arrows) and axons, and also in NMJ (magenta arrowheads), but epidermal expression was not detected. (D) When α-Bsg was applied to live tissue before fixing, Basigin was detected at cell borders (yellow arrows) and along dendrite segments that overlapped with α-Coracle staining (red arrows). (E) Expression of FLAG-tagged Basigin (UAS-Bsg-G) in the epidermis and staining with α-FLAG (left panel) and α-HRP (right panel) revealed Bsg-G localization at epidermal cell borders (yellow arrows) and tracking dendrite segments (red arrows), which is consistent with the observed epidermal GFP pattern of Basigin-GFP protein-trap lines. Scale bars, 25 μm.




Basigin::GFP Fusions Show Expression in da Neurons and Epidermal Substrate

Bsg-GFP (Line ID: CA06978) contains a GFP exon cassette inserted in an intron in the basigin locus. Staining of filleted Bsg-GFP third instar larvae with anti-GFP revealed signal in diverse tissues. Strong expression was observed in the larval photoreceptors and NMJ (Figure 3B), both of which are known to require Basigin for proper development (Besse et al., 2007; Curtin et al., 2007). In the larval PNS, we observed Bsg::GFP in da neuron cell bodies, axons, and dendrites (Figure 3A). Additionally, we observed expression in epidermal cells that lie in close proximity to da neuron dendrites. The sub-cellular localization of GFP in the epidermal cells overlapped with that of Coracle (Figure 3A), a septate junction resident protein that marks regions where da neuron dendrites become enclosed within epidermal cell invaginations (Kim et al., 2012). We examined GFP expression in two other independently generated protein-trap lines (Bsg-GFP-2 and Bsg-GFP-3) that harbor GFP-coding exon insertions at different sites within the basigin locus. Both lines showed similar expression in neurons and epidermis as described above (Supplementary Figures 1A,B). We additionally labeled wild-type larvae with Basigin antibody. Labeling was observed in da neurons, including along dendrites and also at the NMJ (Figure 3C). We did not observe specific epidermal localization in fixed tissue, however, labeling was apparent when the primary antibody was applied to unfixed preparations (Figure 3D). The reason for this discrepancy is not known, but it is conceivable that epidermal expression is masked by fixation, or that the expression pattern of the three Bsg-GFP traps is somehow aberrant. To examine epidermal localization independent of GFP tagging we generated a transgenic FLAG-tagged Basigin (UAS-Bsg-G) line and drove expression in epidermal cells using the InSITE line {IT.GAL4}871 (Gohl et al., 2011). Specificity of the driver was verified using a fluorescent reporter line. Strong GFP signal was observed across the epidermis of 871-Gal4/+;UAS-mCD8::GFP/+ larvae (Supplementary Figures 1C,D) but none was detected in da neurons (Supplementary Figure 1D’), indicating the epidermal specificity of 871-Gal4 in larvae. Strong FLAG signal was observed along epidermal cell boundaries and along epidermis adjacent to dendrite branches (Figure 3E), similar to the Bsg::GFP localization patterns observed in the protein trap lines. Taken together, these data support expression of Basigin in da neurons and also in epidermal cells in the larval body wall, and localization of these sources of Basigin in adjacent intercellular regions.



Basigin Is Required in Class IV da Neurons for Proper Dendritic Morphogenesis

Based on Basigin expression in the PNS, we next investigated whether Basigin is involved in regulating neuronal morphogenesis in sensory neurons. We performed loss of function analysis using the Mosaic analysis with a repressible cell marker (MARCM) approach (Lee and Luo, 1999). We examined the null allele bsgδ265 in which a part of the Basigin locus including the start codon is deleted (Curtin et al., 2005). Loss of Basigin in class IV neurons (ddaC) resulted in aberrant dendritic arbors in third instar stages. In contrast to the complex space-filling dendrites of control class IV neurons (Figure 4A), bsg–/– class IV neurons (Figure 4B) had significantly fewer branches (Control: 903 ± 82, N = 6; bsgδ265: 662 ± 136, N = 9; p = 0.0009) and reduced total dendrite length (Control: 18846 ± 751 mm, N = 6; bsgδ265: 14297 ± 2484 mm, N = 9; p = 0.0004) (Figures 4C,D). By contrast, there was no significant difference in dendritic field area between control and mutant neurons (Supplementary Figure 2A). These results suggest that mutant neurons are able to scale their dendritic territory to an appropriate size for the third instar stage and that the dendrite phenotype reflected a defect in space filling. Indeed, we found significantly lower dendrite coverage density (a dimensionless metric; see “Materials and Methods” section) in mutant neurons compared to control neurons (Control: 41.7 ± 2.9, N = 6; bsgδ265: 35.81 ± 2.21, N = 9; p = 0.002) (Figure 4E).
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FIGURE 4. Basigin is required for morphogenesis of dendritic arbors. In contrast to control class IV neurons (A,A’), bsgδ265 class IV MARCM clones (B,B’) develop dendritic arbors with significantly fewer branches (C) and reduced total dendrite length (D) at late third instar stage. Insets (A’) and (B’) show magnified views of the boxes marked in (A) and (B), respectively. Dendrite coverage density (E) of mutant neurons was significantly lower. In contrast, class I da neurons were unaffected by loss of Basigin. Comparison of class I control MARCM clones and bsgδ265 neurons (F,G) revealed no difference in number of dendrite branch nodes (H) or total dendrite length (I). Scale bar, 100 μm in (A,B), 25 μm in (A’,B’) and 50 μm in (F,G). p values are indicated for Welch’s t-test.


In contrast to class IV neurons, bsg–/– class I dendritic arbors were comparable to those of control class I neurons (Figures 4F,G) with statistically identical branch number (Control: 29 ± 6, N = 3; bsgδ265: 30 ± 1, N = 3; p = 0.875) and total dendrite length (Control: 1418 ± 219 mm, N = 3; bsgδ265: 1425 ± 165 mm, N = 3; p = 0.965) (Figures 4H,I). Thus, our data indicate that Basigin is cell-autonomously required for morphogenesis of complex space-filling dendritic arbors in da neurons.



Loss of Basigin in Neurons Causes a Developmental Defect in Dendrite Elaboration

Drosophila larvae show a drastic increase in body size from the first to third instar stages. Although class IV neurons establish their complete tiling pattern by the end of the first instar stage, they continue to elaborate branches to maintain full coverage of their territories as the animal grows (Parrish et al., 2009). Our observation of reduced dendrite branching and coverage density in bsg–/– neurons at late third instar in the absence of change in dendritic field size suggested a possible defect in addition of new branches during development. To determine if bsg–/– mutant class IV neurons have aberrant branch elaboration programs, we examined their dendrite morphology at 72 h after egg-laying (AEL), a stage that marks the end of second instar and is characterized by active dendrite elaboration. Consistent with previous reports (Parrish et al., 2009), we found that control class IV neurons have highly branched dendritic arbors that completely innervate their dendritic fields at this stage (Figures 5A,A’). In contrast, bsg–/– class IV neurons at the same stage had simpler dendrite arborization with ∼34% fewer branches (Figures 5B,B’) compared to control neurons (No. of nodes, Control: 704 ± 70, N = 3; bsgδ265: 465 ± 62, N = 4; p = 0.039). Dendrite arborization nevertheless continued to increase in bsg–/– neurons, with significant change from late second to late third instar (No. of nodes, 465 ± 62, N = 4 at 2nd instar vs. 662 ± 136, N = 9 at 3rd instar; p = 0.029), as in control neurons (No. of nodes, 704 ± 70, N = 3 at 2nd instar vs. 903 ± 82, N = 6 at 3rd instar; p = 0.071). The average number of branches added between late 2nd and late 3rd instars was nearly equivalent between bsg–/– and control neurons (197 and 199 branches, respectively), indicating that mutant neurons show no defects in branch addition at late larval stages (Figure 5C). Although these experiments do not rule out possible contribution of late-stage branch maintenance defects, our data are consistent with a primary defect in bsg–/– neurons throughout larval development, which, in wild-type animals, features prolific dendrite elaboration to keep up with the expanding body wall (Parrish et al., 2009).
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FIGURE 5. Developmental defect in branch elaboration contributes to formation of aberrant dendritic arbors in bsg–/– class IV neurons. Comparison of dendrites of control (A,A’) and bsgδ265 class IV MARCM clones (B,B’) at late second instar stage revealed significantly fewer branches in the latter group of neurons (C), indicating that inadequate branch elaboration during development contributes to the phenotype observed at late third instar stage. Insets (A’) and (B’) show magnified views of the boxes marked in (A) and (B), respectively. The number of nodes in neurons of third instar larvae is also shown for comparison in (C). As in control neurons, significant increase in branching occurred between the second and third instar stages in bsg–/– class IV neurons (C), which indicates that dendrite growth and branching are not completely halted upon loss of Basigin. Scale bars, 50 μm in (A,B) and 20 μm in (A’,B’). p values are indicated for Tukey’s HSD conducted following two-way ANOVA with genotype and developmental stage as independent categorical factors (p = 0.00007 and 0.00073, respectively).




Membrane-Tethering and a Conserved Intracellular Motif of Basigin Are Required for Its Function in Neurons

Basigin is a single-pass transmembrane protein with two predicted Ig domains in its N-terminal extracellular region and a short intracellular C-terminal ending. Its transmembrane region is highly conserved and the juxtamembrane KRR motif, a putative binding site for cytoskeletal organizers (Yonemura et al., 1998), is important for regulation of NMJ morphology in flies (Besse et al., 2007). The N-terminal end of Basigin contains a signal sequence, suggesting that it may be released extracellularly in some form, likely upon cleavage of the full-length protein. Indeed, evidence from vertebrate studies indicates that Basigin is secreted in microvesicles by human uterine epithelial cells, and the secreted peptides induce MMP expression in human uterine fibroblast cells (Braundmeier et al., 2012). To determine the domain requirements for Drosophila Basigin during dendrite morphogenesis, we examined the ability of mutated variants of Basigin (Figure 6A) to rescue the dendrite morphogenesis defects described above. Full-length Basigin protein and variants with mutations or truncations in putative functional domains were expressed exclusively in bsg–/– cells by adding the respective transgenes into the crossing scheme used to generate bsg–/– MARCM clones. For quantification of dendritic branching we focused analysis on single quadrants of class IV arbors. We validated this method by examining the loss-of-function clones described above (Figure 4), and found that the number of nodes in the posterodorsal quadrant constituted equivalent proportions of nodes over the entire arbor in control and mutant animals (Supplementary Figure 2C). Furthermore, no significant difference was observed when the extent of reduction in branching in bsg–/– class IV neurons was quantified over the whole arbor or the posterodorsal quadrant (Supplementary Figure 2E). Together, these results indicated that the posterodorsal quadrant could be used as a proxy for branching across the arbor for these genotypes.
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FIGURE 6. Structure-function analysis of Basigin in dendrite morphogenesis. (A) Dendrite traces of posterodorsal quadrants of class IV neurons under control, mutant, and various rescue conditions. Schematics indicate functional domains in full-length Basigin (BsgFL), a truncated variant containing only the extracellular Ig domains (Bsgextra), and a mutant variant with the KRR motif in the intracellular region changed to NGG (BsgKRR > NGG). BsgFL rescued the reduction in branching observed in bsg–/– MARCM clones of class IV neurons (A,B). Neither Bsgextra nor BsgKRR > NGG was able to rescue, indicating that membrane-tethering and integrity of the intracellular KRR motif are essential for Basigin function (A,B). (C) GFP-tagged BsgFL and BsgKRR > NGG both showed strong localization to class IV dendrites when expressed under the ppk-Gal4 driver. Arrows indicate GFP signal in dendrites and * indicates cell body of the class IV neuron ddaC. Rightmost images showcase localization of BsgKRR > NGG::GFP to fine terminal branches of class IV neurons. Each colored panel is from a different animal. p values are indicated for Tukey’s HSD following one-way ANOVA (p = 0.0058) (B). Scale bars, 25 μm.


Expression of full-length wild-type Basigin (BsgFL) rescued dendrite defects in bsg–/– class IV neurons (No. of nodes in posterior dorsal quadrant, Control: 249.67 ± 36.57, N = 6; bsgδ265: 179.33 ± 56.54, N = 9; BsgFL: 224.25 ± 56.51, N = 4). By contrast, Basigin lacking its transmembrane and cytoplasmic regions (Bsgextra) failed to rescue dendritic branching defects in bsg–/– class IV neurons (Bsgextra: 171 ± 18.18, N = 5, Figures 6A,B). Likewise, full-length Basigin with point mutations that substituted the juxtamembrane KRR basic residues in the cytoplasmic tail to NGG (BsgKRR > NGG) failed to rescue the branching defects of bsg–/– neurons (BsgKRR > NGG: 162 ± 12.29, N = 3, Figures 6A,B). Since motifs in the cytoplasmic tail of cell surface proteins may be essential for proper sub-cellular localization, we examined if the lack of rescue by the mutant Basigin variant could be explained by a defect in proper subcellular localization. GFP-tagged full-length Basigin expressed under the class IV neuron-specific ppk-Gal4 driver showed robust localization to dendrites (Figure 6C), consistent with data from the Bsg-GFP trap line as well as anti-Basigin staining of wild-type animals (Figure 3). Likewise, GFP-tagged BsgKRR > NGG showed stable expression in class IV neurons with strong localization to dendrites including fine terminal branches (Figure 6C). Therefore, gross mislocalization of BsgKRR > NGG proteins within neurons is unlikely to account for their inability to rescue dendrite elaboration defects. Our data do not eliminate the possibility that lack of rescue by Bsgextra – despite its ability to partially rescue some NMJ phenotypes (Besse et al., 2007)– may be attributable to aberrant trafficking of the truncated protein. Taken together, our results indicate that the function of Basigin in regulating dendrite elaboration of class IV neurons requires membrane-tethering and an intact intracellular KRR motif.



Non-autonomous Role for Basigin in Dendrite Morphogenesis

Given our evidence for Basigin expression in epidermal cells and their close association with da neuron dendrites, we next examined possible cell non-autonomous roles for Basigin in regulating dendrite morphogenesis. For this experiment, we used the 871-Gal4 line (Supplementary Figures 1C,D) to drive UAS-bsgRNAi in the epidermis. Our results showed that epidermal knock down of Basigin had no effect on epithelial cell shape or average cell size at the third instar stage (Figures 7A,B). Moreover, expression and localization patterns of epidermal markers such as coracle, βPS integrin and dE-cadherin appeared unaffected by knock down of Basigin (Figures 7A,C). Class IV dendrites were visualized by tdGFP expressed under the control of the ppk promoter (ppk-CD4tdGFP) (Han et al., 2011) in 871-Gal4; bsg+/–; UAS-bsgRNAi background. Epidermis-specific knock down of Basigin in this manner resulted in aberrant morphogenesis of neuronal dendrites. Compared to class IV neurons in control larvae, those in larvae expressing RNAi transgenes against Basigin had significantly lower dendrite coverage at 3rd instar (Coverage density, Control: 61.80 ± 3.06, N = 16; Bsg-RNAi: 55.75 ± 2.64, N = 15; p = 0.017; Figures 7D,E). However, we did not detect a significant change in dendrite branching at the same stage (No. of nodes per quadrant: Control: 244.06 ± 58.97, N = 17 and Bsg-RNAi: 224.77 ± 62.20, N = 13, p = 0.398.) Epidermal knock down of Basigin had no effect on class I ddaE dendrite length, similar to the lack of effect of bsg mutation in class I neurons (Control: 1337.78 ± 181.82 mm, N = 8; Bsg-RNAi: 1225.58 ± 176.84 mm, N = 8, p = 0.231; Figures 7F,G). Likewise, no change was observed in branching of class I neurons (Control: 16.5 ± 2.78, N = 8; Bsg-RNAi: 18.75 ± 2.19, N = 8, p = 0.095; Figures 7F,H). Thus, in addition to cell autonomous roles in class IV neurons, our results suggest cell non-autonomous roles for epidermal-derived Basigin in dendrite morphogenesis.
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FIGURE 7. Basigin is required cell-non autonomously in substrate epidermal cells for class IV dendrite morphogenesis. (A) Basigin was knocked down in the epidermis by driving UAS-bsg-RNAi using the 871-Gal4 driver. Gross morphology of epidermal cells and expression of the septate junction resident protein Coracle remained unaltered (A,B). Epidermal localization of βPS integrin and dE-cadherin (C) were indistinguishable in control and Bsg-RNAi animals. Notably, epidermal βPS integrin localization along dendrites (yellow arrows in C) persisted. GFP signal in (C) is from the ppk-CD4tdGFP transgene. (D,E) Knocking down Basigin in the epidermis caused aberrant dendrite morphogenesis in class IV da sensory neurons. Red arrows in (D) mark areas with large gaps in dendritic field. Class I neurons (F) did not exhibit significant change in total dendrite length (G) or number of nodes (H). Scale bar, 25 μm. p values are indicated for Welch’s t-test.




DISCUSSION

Dendrite development is controlled by a diverse array of cell surface proteins that together provide information about the neuron’s cellular and molecular milieu. We took an expression pattern-based approach using GFP trap lines to identify candidate regulators of dendrite morphogenesis in the Drosophila larval PNS. In follow up experiments, we found that the immunoglobulin superfamily member Basigin is important for formation of complex dendritic arbors. We propose that Basigin mediates interactions with nearby epidermal cells. Our data reveal new insight into roles for the conserved small IgSF molecule in neuronal morphogenesis and point to a pathway from substrate interactions to cytoskeleton in dendritic patterning.


Screening GFP Trap Lines to Identify Factors Involved in Dendritic Morphogenesis

Large-scale GFP trap collections have been instrumental in identifying proteins that are at the right place to be involved in many different cellular processes, and can complement insights gained from forward genetic screens (Morin et al., 2001; Buszczak et al., 2007; Quiñones-Coello et al., 2007). By screening pre-existing GFP trap lines from three collections we identified diverse candidate regulators of dendrite morphogenesis that can be followed up systematically using mutant analysis, including transcription factors, cell adhesion molecules, cytoskeletal regulators, and signaling proteins. One advantage of a protein expression pattern-based approach is that follow up can be hypothesis-driven, since candidates can be picked based on biological processes or putative molecular function. Indeed, we previously showed that one candidate from this screen, the Scalloped transcription factor, acts at the top of a repressive transcriptional cascade to diversify sensory neuron morphology (Corty et al., 2016). Here we followed up on Basigin-GFP, which showed expression in dendrites and substrate epidermal cells, to study factors that could be involved in dendrite-substrate interactions. Interactions between dendrites and their extracellular environment are increasingly recognized as a central driving force in dendrite morphogenesis and it will be important to further examine how Basigin fits into the multitude of cues that have been identified so far (Parrish et al., 2009; Han et al., 2012; Kim et al., 2012; Dong et al., 2013; Salzberg et al., 2013; Jiang et al., 2014; Cherra and Jin, 2016; Díaz-Balzac et al., 2016; Meltzer et al., 2016; Tenenbaum et al., 2017; Poe et al., 2017; Hoyer et al., 2018).



Role of Basigin in Dendrite Morphogenesis

Our MARCM analysis of Basigin revealed a decrease in dendrite coverage, dendrite branching, and total dendrite length of Basigin-deficient class IV sensory neurons. Basigin has been implicated in diverse biological processes in vertebrates and invertebrates from embryonic membrane apposition (Reed et al., 2004), embryo implantation (Igakura et al., 1998), tumor invasion (Muramatsu and Miyauchi, 2003), synapse formation (Besse et al., 2007), to cell surface localization of lactate transporters (Kirk et al., 2000). A common theme spanning known functions of Basigin is mediation of cell-cell or cell-substrate interaction, which are critical processes for tissue development and integrity. Such a role is also well-suited to mediate neuronal growth over both small and large spatial domains to achieve precise innervations. Our Basigin loss of function analysis fits with this perspective.

Our experiments suggest that Basigin function in dendrites involves engagement of its extracellular Ig domains by extrinsic effectors, which may be molecules residing on, or released from, epithelial cell surfaces. Non-neuronal Basigin may be one such extracellular effector, since knockdown of Basigin in epidermis also led to defects in class IV dendrite morphogenesis (Alizzi et al., 2020; this study). Similarly, at the fly NMJ, Basigin is required both in the postsynaptic muscles and presynaptic motor neurons for synapse development and function (Besse et al., 2007). Electron micrographs of the larval body wall show that da neuron dendrites are in apposition to epithelial cell surfaces (Han et al., 2012; Kim et al., 2012). Interestingly, Drosophila Basigin has been reported to cause cell aggregation when expressed in S2 cells suggesting a homophilic binding capacity (Besse et al., 2007). Isoform-specific homophilic binding has also been reported for vertebrate Basigin (Hanna et al., 2003). Likewise, we propose that Basigin mediates dendrite-substrate interactions to promote complex dendrite morphogenesis. Understanding the factors that regulate the expression and localization of Basigin will be important future directions. The bsg–/– phenotypes that we observed were consistent with a report that identified Basigin as a target of the RNA binding protein Found in neurons (Fne) in the control of space-filling dendrite growth of class IV neurons, which provides insight into the regulation of Basigin expression (Alizzi et al., 2020). Our data also indicate that the localization of Basigin aligns well with the septate junction protein Coracle and so it could conceivably be a component of junctional complexes.



Mechanism for Cell Autonomous Role of Basigin in Dendrites

How might Basigin function to promote dendrite patterning? In one scenario, interactions with the epidermis may coordinate addition of new branches throughout the dendritic arbor, thereby maintaining the arbor’s space-filling property. Signals derived from the epidermis regulate scaling growth of dendritic territories as the body wall expands during larval growth (Parrish et al., 2009). The phenotypes we observed in bsg–/– class IV neurons are unlikely to reflect defects in scaling of overall dendritic territory, as the dendritic field continues to expand in bsg–/– neurons with no net difference in dendritic area compared to control neurons. Instead, our results may point to an “intra-arbor scaling” process involving Basigin that coordinates dendrite coverage density with the growth of the substrate. In this model, lack of Basigin impairs space-filling growth within the dendritic tree, which normally serves to maintain coverage over the expanding body wall. Comparison between 2nd and 3rd instar revealed that the failure results from inadequacy, rather than inability, of branch addition through these stages. It remains unclear, however, whether primary and higher order branches are differentially affected. Future studies employing live imaging approaches would be well positioned to offer a nuanced understanding of space filling defects with branch order resolution in Bsg mutants.

The mechanism by which Basigin promotes dendrite coverage likely involves the positively charged KRR motif in the intracellular tail given the necessity of this region for rescue of the Basigin mutant phenotype. Although the molecules that bind to this motif in Basigin are unknown, evidence from studies on other transmembrane proteins identifies the KRR motif as a binding site for cytoskeletal regulators, specifically those of the Ezin/Radixin/Moesin (ERM) family (Yonemura et al., 1998). Therefore, Basigin may impact the neuronal cytoskeleton via regulators that bind to the KRR motif. This assertion is consistent with prior results showing that Bsg is important for stabilization of the neuronal cytoskeleton (Alizzi et al., 2020). Although the effects exerted by such a mechanism are likely to be local, our findings do not rule out other pathways that result in more global effects over the entire dendritic tree. For example, vertebrate Basigin is known to induce global cellular changes such as activation of signaling pathways (e.g., ERK1/2 signaling) and gene expression (Belton et al., 2008).



Ig Superfamily Members in Neuronal Morphogenesis

Proteins of the Ig superfamily are implicated in nearly all aspects of neural circuit development, including axon growth (Usardi et al., 2016), dendrite targeting (Yamagata and Sanes, 2012) and synapse specificity (Carrillo et al., 2015). Ig superfamily proteins have diverse structures with varying number of Ig domains with or without other identifiable functional motifs. In mice, there are two Basigin isoforms with two and three Ig domains each (Muramatsu, 2016), while humans have two additional isoforms each with a lone extracellular Ig domain (Liao et al., 2011). In Drosophila, Basigin is a 2-Ig protein (Besse et al., 2007), but a third Ig domain is also predicted in the longest isoform (B. Shrestha, personal observation). Thus, Basigin is structurally similar to the small IgSF protein family, of which the 2-Ig domain family is best known and implicated in various aspects of neural development. The latter includes the Beat proteins, involved in axon guidance, in Drosophila (Pipes et al., 2001), and the ZIG proteins in C. elegans, some of which are important for axon and synapse maintenance (Howell and Hobert, 2016). Notably, and potentially analogous to the role of Basigin in dendrite development, ZIG-10 in C. elegans is expressed in the epidermis and the motor neurons that physically contact them (Cherra and Jin, 2016) and loss of ZIG-10 in either cell decreases synapse number. Additionally, this function of ZIG-10 requires membrane tethering. Thus, our findings linking Drosophila Basigin to dendrite development contribute to a growing body of literature implicating small 2- or 3-Ig containing IgSF members in neuronal morphogenesis.

It will be important to further dissect roles for other small Ig proteins in dendrite development and to extend these analyses to vertebrate systems. Vertebrate Basigin is most closely related to Embigin and Neuroplastin, and the family comprising these three proteins collectively mediate processes ranging from tumor metastasis to embryo implantation and synapse formation (Muramatsu, 2016). At the molecular level, these proteins have diverse functions: as chaperones for monocarboxylate transporters, aiding their cell-surface localization (Kirk et al., 2000), as inducers of MMP expression (Toole, 2003), organizers of cellular cytoskeleton (Curtin et al., 2005; Besse et al., 2007), and as auxiliary subunits of plasma membrane Ca2+-ATPases (Schmidt et al., 2017). Embigin induces motor nerve terminal sprouting at vertebrate NMJs (Lain et al., 2009), while Neuroplastin is important for synapse development and function (Sarto-Jackson et al., 2012; Herrera-Molin et al., 2014; Carrott et al., 2016). Basigin itself exhibits broad CNS expression in both mice and humans [Allen Mouse Brain Atlas, Allen Human Brain Atlas (Lein et al., 2007; Hawrylycz et al., 2012)]. Basigin has been shown to regulate the expression and surface localization of monocarboxylate transporters in retinal pigment epithelia in mice, and mice lacking Basigin exhibit degeneration of photoreceptors and are blind (Philp et al., 2003). Our findings in Drosophila that Basigin functions in dendrite morphogenesis raise the possibility that it plays similar roles in development of the vertebrate nervous system.
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