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“Frontiers in Skeletal Muscle Wasting, Regeneration and Stem Cells” is a Frontiers Research Topic aimed to highlight the available knowledge regarding skeletal muscle and stem cell biology in the context of both physiological and pathological conditions. In the last decades we have many advances in the understating of muscle biology and pathophysiology of myopathies. Herein we presented articles focused in skeletal muscle biology and both pathophysiology and treatment of skeletal muscle disorders.

Animal models are frequently used in the study of muscle atrophy, focusing on its molecular mechanisms or on the search for strategies of muscle atrophy attenuation. On this regard, Baldwin et al. (2013) presented a review on the effect of unloading on the muscle phenotype mostly based on the extensive work carried out by the authors over the last 25 years using different experimental models as microgravity and hindlimb suspension, among others. Brooks and Myburgh (2014) also discuss the skeletal muscle atrophy, focusing on the interplay between myonuclei, satellite cells and signaling pathways, highlighting the multi-dimensional feature of skeletal muscle wasting. Still regarding skeletal muscle atrophy, Koopman et al. (2014) discuss recent findings linking changes in metabolism to changes in muscle stem cell function and skeletal muscle mass, discussing the “metabolic reprogramming” concept and Manring et al. (2014) address the roles of modulatory genes of the skeletal muscle excitation-contraction coupling process on muscle wasting, bringing new possibilities for the treatment of muscle diseases.

The misposition of myonuclei is a common feature of myopathies. In these conditions, nuclei are localized within the center of the muscle fiber. For decades, the centralized myonuclei was used as an evaluative parameter of regeneration in skeletal muscle. In this special issue, Dr Folker and Dr Baylies presented an interesting review regarding a possible role of myonuclei mispositioning in pathophysiology of muscle disorders (Folker and Baylies, 2013).

Regarding the treatment of muscle disorders and cachexia, Berardi et al. (2014) discussed the effect of many interventions including stem cell and gene therapies, myostatin inhibition, tumor necrosis factor alpha (TNF-alpha) and interleukin-6 (IL-6) pharmacologic antagonism and microRNAs (miRNAs). Muscle gene therapy is a very actual issue for discussion in scientific community. Where we are on this way and where we should go? Beyond the correction of gene defects in muscle cells, the therapy should consider improve capillarity and reduce fibrosis to improve muscle environment and the stem cells engraftment. On this way, Dr Bertoni presented a review pointing out that gene therapy needs to target also muscle progenitors cells (and not only mature muscle fibers) to restore the loss of myofibers as the result of the diseases progression.

Another new and exciting area explored in this issue is the role of endoplasmic reticulum (ER) stress in human skeletal muscle and its contribution to sarcopenia. Deldicque (2013) discuss this issue proposing that aging-related ER stress can impact muscle mass through cell death and creating a state of anabolic resistance by inhibiting the mTOR pathway. The author still hypothesized that exercise could reduce ER stress and can account to the beneficial effects of exercise in the elderly. This is a new exciting area and further investigations will clarify the association between ER stress and aging, and the effects of exercise.

It's well known that satellite cells are involved in skeletal muscle regeneration, which it's essential for tissue remodeling and for the cellular adaptations in response to physical exercise, specially after eccentric contractions. However, Boppart et al. (2013) present a mini-review highlighting the regulatory role for muscle-resident non-satellite stem cells in the process of muscle repair following exercise. This is an exciting new area and will stimulate further investigations to elucidate the exact role and the mechanisms of non-satellite cell-mediated muscle repair post-exercise. Regarding the satellite cells, Fukada et al. (2013) introduce the methodology of direct isolation of these cells, present a discussion about the molecular regulation mechanisms and discuss the relationship between satellite cells function and the progression of muscular disorders, as well as the potential of the satellite cells to treatment of muscle disorders. In turn, Uezumi et al. (2014) discuss the role of non-myogenic mesenchymal progenitors in skeletal muscle pathogenesis and regeneration and Meregalli et al. (2014) discuss how the advances in the isolation of new stem cells subpopulations and the creation of artificial stem cell niches can offer promises for therapeutic approaches in the treatment of muscle diseases and muscular wasting conditions.

In the present research topic, some modulators of skeletal muscle form and function are also presented and discussed. In a comprehensive perspective article, Senf (2013) reviews the experimental evidences for the biological functions of 70 kDa heat shock protein (HSP70) in skeletal muscle, with regards to its role on the muscle damage protection, muscle regeneration and recovery and muscle mass maintenance and integrity. Importantly, unanswered questions are highlighted and more information about the relation between the HSP70 protein and skeletal muscle plasticity should arise from future studies. Donati et al. (2013) review the role of sphingosine 1-phosphate (S1P) in skeletal muscle biology and homeostasis, focusing in its role on regulation of activation and proliferation of muscle-resident satellite cells, as well as on mesenchymal progenitors such as mesoangioblasts, originated outside skeletal muscle. These stem cells populations are involved in skeletal muscle repair following injury and in muscular disorders. Future studies will explore more details about the regulatory mechanisms of S1P metabolism and its precise role on skeletal muscle biology and determine the therapeutic potential of S1P signaling pathway in skeletal muscle diseases.

Another important players on the skeletal muscle plasticity are the Caspase family proteins. Caspases are important in the balance between apoptosis and regeneration, acting as a player in the maintenance of skeletal muscle structure and function. Connolly et al. (2014) present a summation of the current state of the field on the non-apoptotic roles of caspases in a range of different models, discussing the findings discovered to date, focusing on skeletal muscle. Also, in a hypothesis and theory article, Avin et al. (2014) present a review of the literature and the preliminary evidence that Klotho protein may be modulated by skeletal muscle activity and can be a link between exercise and its anti-aging effect.

The importance of skeletal muscle mass and strength, as well as its metabolic function for exercise and daily living activities is well known. Also, and not less important, alterations on skeletal muscle structure and function play a key role in many pathologic conditions and chronic diseases. On this regards, this research topic also presents articles discussing the relation between skeletal muscle and diseases such as chronic obstructive pulmonary disease (Mathur et al., 2014), diabetes (D'Souza et al., 2013) motor neuron diseases (Boyer et al., 2013), Duchenne muscular dystrophy (Bertoni, 2014) and obesity (Akhmedov and Berdeaux, 2013).

In addition to all these great contributions, we present herein original papers addressing the association of skeletal muscle hypertrophy with increases in proteasome activity independent of the ubiquitin-ligases MuRF1 and MAFbx expression (Baehr et al., 2014); the effects of docosahexaenoyl ethanolaminde on glucose uptake in proliferating and differentiating C2C12 myoblasts altering the endocannabinoid system expression (Kim et al., 2014); and the importance of the multifunctional cell surface peptidase CD13 on mesenchymal stem cell-mediated tissue repair (Rahman et al., 2014).

This research topic will provide readers with new insights and viewpoints and will stimulate new investigations and further advances in this research field. In our opinion our main objective was achieved.
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Skeletal muscle is the largest organ system in mammalian organisms providing postural control and movement patterns of varying intensity. Through evolution, skeletal muscle fibers have evolved into three phenotype clusters defined as a motor unit which consists of all muscle fibers innervated by a single motoneuron linking varying numbers of fibers of similar phenotype. This fundamental organization of the motor unit reflects the fact that there is a remarkable interdependence of gene regulation between the motoneurons and the muscle mainly via activity-dependent mechanisms. These fiber types can be classified via the primary type of myosin heavy chain (MHC) gene expressed in the motor unit. Four MHC gene encoded proteins have been identified in striated muscle: slow type I MHC and three fast MHC types, IIa, IIx, and IIb. These MHCs dictate the intrinsic contraction speed of the myofiber with the type I generating the slowest and IIb the fastest contractile speed. Over the last ~35 years, a large body of knowledge suggests that altered loading state cause both fiber atrophy/wasting and a slow to fast shift in the contractile phenotype in the target muscle(s). Hence, this review will examine findings from three different animal models of unloading: (1) space flight (SF), i.e., microgravity; (2) hindlimb suspension (HS), a procedure that chronically eliminates weight bearing of the lower limbs; and (3) spinal cord isolation (SI), a surgical procedure that eliminates neural activation of the motoneurons and associated muscles while maintaining neurotrophic motoneuron-muscle connectivity. The collective findings demonstrate: (1) all three models show a similar pattern of fiber atrophy with differences mainly in the magnitude and kinetics of alteration; (2) transcriptional/pretranslational processes play a major role in both the atrophy process and phenotype shifts; and (3) signaling pathways impacting these alterations appear to be similar in each of the models investigated.

Keywords: spaceflight, hindlimb suspension (unloading), spinal cord isolation, myosin isoforms, non-coding RNAs

INTRODUCTION

Skeletal muscle is the largest organ system in all mammals, including humans. This integrated system consists of hundreds of individual muscles, which provide postural control during upright posture (e.g., standing) along with a wide range of movement patterns of varying intensity performed under various loading conditions imposed by the force of gravity. Through evolution in the gravity environment, skeletal muscle fibers have evolved into essentially three generic phenotype clusters defined as a motor unit. The motor unit consists of a motoneuron and all of the muscle fibers innervated by that motoneuron (Edström and Kugelberg, 1968; Burke et al., 1971). Through multiple mechanisms, a major one being activity-dependency, those fibers in a given motor unit express a similar metabolic/contractile phenotype. As presented in Figure 1, these fiber types can be classified as slow-oxidative, fast-oxidative-glycolytic, and fast-glycolytic (Peter et al., 1972). The inherent contractile speed of each fiber-type cluster is determined essentially by the myosin motor protein isoform predominantly expressed. For example, the slow-oxidative unit expresses primarily a slow myosin heavy chain (MHC) gene designated as slow, type I. The fast-oxidative unit expresses a combination of the fast type IIa and IIx MHC genes, whereas the fast-glycolytic unit expresses a combination of the fast IIb and IIx MHC genes (Larsson et al., 1991). Concerning the fast MHC isoforms, humans generally do not express the fast type IIb isoform at the protein level, whereas the IIb isoform is highly expressed in the limb muscles [e.g., vastus lateralis (VL), gastrocnemius, and plantaris] of small animals such as rodents (Booth and Baldwin, 1996).


[image: image]

FIGURE 1. Functional specialization of skeletal muscle. The brain initiates the motor command for a motor neuron to fire and stimulate a group of muscle fibers to contract. A motor unit consists of a single motor neuron together with all the muscle fibers it innervates. Different types of motor units express different MHC phenotypes, having a specialized function. Note that each myofiber can express either a single MHC isoform, or a hybrid mix of two or more isoforms. Slow motor unit expresses type I and are engaged in antigravity postures. The fast glycolytic motor units express IIb and IIx, and are recruited during burst power like during weight lifting. (Weight lifting image is Wikimedia Commons depicting Andrei Rybakou of Belarus Weightlifting at the 2008 Summer Olympics in the 85 kg category. This image is licensed under the Creative Commons Attribution 2.0 Generic license).



During the last 40 years, investigators have generated considerable information demonstrating the powerful control that altered loading states (e.g., alterations in weight bearing activity opposing gravity) play in modulating muscle fiber size as well as the contractile and metabolic phenotypes in the different types of motor units, especially those expressing an abundance of the slow-type I and type IIa MHCs. This information has been gathered to a large extent via studies involving small animal models such as the rat in response to interventions such as space flight/microgravity, hindlimb unloading via hindlimb suspension (HS), and the novel model of “spinal cord isolation” (SI) whereby the target neuromuscular units are inactivated while maintaining an intact motoneuron-to-muscle fiber connection (Roy et al., 1991, 1996).

The primary goal of this review is to examine the putative mechanisms that cause both muscle atrophy and alterations in the contractile phenotype by integrating what has been learned from these three unique inactivity/unloading paradigms. The information to be presented is certainly relevant to similar alterations that have been observed in human skeletal muscles (Booth and Baldwin, 1996). However, due to page limitations for this review series, we will focus our attention primarily on the rat model.

RELEVANT FUNDAMENTAL CONCEPTS

MUSCLE PLASTICITY

Skeletal muscle is unique in that its structural, contractile, and metabolic properties are sensitive to the various demands imposed on the muscular systems, especially the lower limb muscles which bear the brunt of opposing gravity and carrying out movement activities of varying intensity and duration. For example, if one performs aerobic exercise, such as distance running on a regular basis, the mitochondrial system within the fibers undergoes de novo biogenesis to increase the number of mitochondria to enhance the duration that the muscles can function without fatiguing. However, the muscle fibers engaged in this type of activity do not hypertrophy (Booth and Baldwin, 1996). On the other hand, if one performs high loading resistance exercise (RE), the muscle fibers increase their cross sectional area by increasing abundance of the contractile machinery without necessarily increasing the mitochondrial density. Thus, the various sub-cellular components of the muscle fiber adapt to the nature of the stimulus, or lack thereof. In this review, we will focus on environmental factors that reduce mechanical and metabolic stress on the muscles rather than adding more stress to enhance the functional properties of the fibers.

MUSCLE PROTEIN TURNOVER

Critical to the concept of muscle plasticity noted above involves the phenomenon that the various proteins comprising skeletal muscle fibers are continually turning over. As presented in Figure 2, any given gene can undergo altered expression via the genomic process of transcription thereby producing a pre-mRNA transcript that serves as the primary RNA product. This transcriptional product then is altered in several ways during transformation into mature mRNA, thus becoming the blueprint for translation into the protein product (Figure 2). This phase is also referred to as protein synthesis/translation. Subsequently, the protein becomes targeted for degradation largely via the ubiquitin-proteasome pathway that involves N-end rule as depicted in Figure 3. Since the contractile apparatus (i.e., the myofibril fraction) is the key functional component of the muscle fiber and accounts for ~50–60% of the total protein expressed in the muscle cell, we will focus on this particular system in this review.
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FIGURE 2. Flow of genetic information and key steps in the regulation of gene expression. The level of protein expressed in the cell results from the net balance between protein synthesis and protein degradation. Protein synthesis can be regulated via several processes including those operating at the transcriptional, post-transcriptional, pre-translational, translational, and post-translational levels. The product of each step is subjected to degradation control.
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FIGURE 3. Protein degradation via the ubiquitin/proteasome system. Multiple Ub molecules are covalently conjugated to amino groups of the protein. Ub is first activated by E1 (Ub activating enzyme), then transferred to E2 (Ub carrier protein or Ub-conjugating enzyme) to be ligated to an amino group of the target protein with the help of E3 (Ub-protein ligase). This is followed by a sequential conjugation of additional Ub molecules each linked to an NH2 group of a lysine of the previously added Ub, thereby generating a polyubiquitinated protein that becomes recognized by the 26S proteasome machinery and targeted for degradation.



Multiple intracellular proteolytic schemes exist in skeletal muscle including the lysosomal pathway, calcium-activated proteases (calpains), and the ATP-dependent system that involves the ubiquitin-proteasome pathway. This latter is responsible for most of myofibrillar protein degradation in various forms of muscle atrophy and wasting (Solomon et al., 1998). To degrade the contractile proteins comprising the myofibril pool, three sequential events must occur. Firstly, the myofibril machinery must undergo the initial process of proteolysis to disassemble the contractile machinery. This process is thought to be regulated by calcium activated proteolytic enzymes such as the calpains and caspases (Goll et al., 2008). Secondly, these naked proteins become targeted by the process of “ubiquitin-conjugation” which occurs largely through the N-end rule pathway involving a three-enzyme-step reaction involving ligation of the target protein with poly-ubiquitin molecules (Figure 3). It is known that specific E3 ligase isoforms are responsible for the specificity of targeting any given protein for destruction (Sacheck et al., 2007). Thirdly, once ubiquitinated the target protein is transported to the 26S proteasome complex located in the cytosol where the protein is progressively broken down into small peptides and eventually to free amino acids, the latter of which can be recycled. As depicted in Figure 3, this latter degradation step is highly dependent on ATP as the energy source.

The mechanisms governing each step of the end-to-end process of protein turnover has been examined in considerable detail (Goll et al., 2008; Rasmussen and Richter, 2009). In examining the concept of muscle fiber protein homeostasis, it follows that the size of any given muscle fiber is predicated on the ratio of protein translation activity relative to protein degradation activity. During states in which fiber hypertrophy is occurring, the relative balance favors a net synthesis capacity relative to the process of degradation, whereas when the muscle is atrophying the balance is skewed to greater degradation relative to synthesis.

RESPONSIVENESS OF DIFFERENT MUSCLE TYPES TO UNLOADING IN VARIOUS MODELS

SPACEFLIGHT/MICROGRAVITY

The environment of spaceflight/microgravity is most unique in that the ground reaction forces essentially are eliminated, and the organism is essentially in a state of “free-fall” thereby markedly reducing the forces generated by the limb and core body muscles. Initial studies sponsored by both the NASA Space Life Sciences Programs and the Soviet Cosmos Biosputnik Research. Programs were carried out from the late 1980s to ~2000. These experiments were of relatively short duration lasting between 5 and 22 days in the microgravity environment (Martin et al., 1988). Skeletal muscle investigations focused on morphological, histochemical, enzymatic, metabolic, and biochemical analyses of lower limb muscles consisting of different fiber type profiles (Figure 1) such as the triceps surae (gastrocnemius, plantaris, and soleus), the quadriceps [rectus femoris, vastus intermedius (VI), VL, and vastus intermedius (VI)] and the adductor longus (AL) muscle groups. It is important to note that the soleus, VI, and AL muscles are primarily comprised of slow-type I fibers, whereas the medial gastrocnemius (MG), plantaris and VL are primarily comprised of fast type II fibers. As delineated below, rodent muscles that express predominantly slow motor units appear to be more sensitive to the unloading stimuli compared to muscles expressing primarily the fast motor units as presented in Figure 4. It is interesting to note, however, that this greater responsiveness is primarily related to the predominant phenotype within a muscle more than it is to the individual fiber phenotype. For example a slow fiber in the faster MG atrophies less than the same phenotype in the slower soleus (Roy et al., 1991).
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FIGURE 4. Both soleus and medial gastrocnemius (MG) atrophy in response to unloading. Change in muscle mass relative to control of both MG and Soleus in response to 16 days of hindlimb suspension in rats.



One of the first notable experiments involved the 12.5 days of microgravity exposure on the Biosatellite Cosmos 1887, which was flown in 1987 (Miu et al., 1989; Baldwin et al., 1990). A key finding from this mission was a significant loss (~25%) of muscle mass in both the VI and soleus muscles. Analyses of myosin isoforms in the myofibril fraction indicated that slow type I MHC was the primary isoform lost in the calculated degradation of total MHC protein complex. Additional findings (Martin et al., 1988; Miu et al., 1989) also demonstrated a “de novo” expression of the fast type II MHC isoforms in the slow soleus muscle, indicating a switching of MHC isoform expression in the atrophied soleus muscle.

This foundation of information was amplified further by a series of NASA's integrated Space Life Sciences Missions which began in 1991. It is important to note that these particular missions were actually preceded by a pilot mission carried out in 1985 on the NASA space shuttle to validate the housing configuration for future rodent studies (Martin et al., 1988). For example, as reported by Haddad et al. (1993) following the 9 day Space Lab 1 Mission, the VI muscle was atrophied by ~22% after the 9 day Space Lab 1 Mission. This atrophy was associated with a loss in type I and fast type, IIa MHC isoforms, which were counteracted by increases in expression of the faster type IIx and IIb isoforms. Importantly, these findings provided a biochemical analysis to corroborate the histochemical findings generated by Martin et al. on the NASA space shuttle 7-day SL-3 mission reported above (Martin et al., 1988). Furthermore, the investigation by Haddad et al. (1993) also was one of the first reports to demonstrate alterations in mRNA expression in the target muscles. These results complemented the findings at the protein level and suggested that molecular alterations involving both pretranslational and translational events were involved in MHC gene regulation during these unloading paradigms.

In addition to the above findings, two additional relevant NASA Space Life Science Missions were carried out in the 1990s. The first was the 6-day mission STS-54 that was designed to correlate alterations in muscle phenotype with intrinsic functional properties of the soleus muscle (Caiozzo et al., 1994). The key findings demonstrated that microgravity induced a rapid decrease in soleus muscle mass (27% within 6 days) along with a shift from slow to fast MHC phenotypes that was correlated with a shift in the force-velocity properties of the soleus muscle. In effect, the soleus became weaker, faster, and more fatigable after the flight.

The second study was the 14 day mission STS-58 (Space Lab Life Sciences 2) that demonstrated a further reduction in muscle mass relative to body weight (34%) and a greater shift in MHC expression from a slow to fast isoform pattern (Caiozzo et al., 1996). Furthermore, monoclonal histochemical analyses of individual muscle fibers demonstrated a significant expression of hybrid fibers containing both slow and fast MHC isoforms. It also became apparent that the alterations in MHC expression favored a greater transformation to the faster type IIx and IIb MHC isoforms the longer the exposure to microgravity. In addition, mRNA responses were more robust than the changes in the corresponding protein isoforms suggesting that further studies were necessary to better integrate transcriptional, pre-translational, and post-translational processes.

In the context of the above findings, it is important to point out that a major drawback with the spaceflight missions was the short duration of the missions carried out to date with little likelihood that longer duration missions could be expanded until facilities with animal habitats could be provided on the International Space Station (ISS) in 2000. Unfortunately, these habitats were never developed due to insufficient resources provided by the different International Space Programs supporting research on the ISS. Thus, it became apparent that other models mimicking the space flight environment with regard to altered loading state and muscle function were necessary to expand the knowledge base pertaining to physiological alterations in skeletal muscle.

HINDLIMB SUSPENSION

During the same time frame that the Space Shuttle/Biosputnik Missions were taking place, investigators also began experimenting with a ground-based unloading model for comparison with the space flight studies. This model consisted of applying traction to the tail of the adult rat in order to lift the hind legs off the ground thereby eliminating ground reactions forces impacting the homeostasis of the limb muscles (Musacchia et al., 1983; Jaspers et al., 1985; Fitts et al., 1986; Thomason et al., 1987).

The HS study by Thomason et al. is noteworthy in that a 56-day time course study was carried out to examine changes in muscle mass, myofibril content, and slow/fast MHC isoform content (Thomason et al., 1987). The key findings of this study were that by 16 days of unloading there was a ~50% atrophy in the slow soleus, VI, and AL muscles when normalized to body weight. This loss in muscle mass was attributed to a net degradation of the myofibril protein fraction, especially the slow MHC protein component of the slow muscle fibers, based on quantitative MHC analyses of the soleus muscle. It is important to point out that the degree of muscle atrophy that occurred during the early stages of unloading in this model was equivalent to what was observed in the space flight missions of similar duration as presented above. Since the effects of HS on the mass of fast muscles such as the plantaris and MG were not as robust as that for the slow muscle types (Figure 4), it is apparent that muscles expressing predominately the slow MHC isoform in rodents are more sensitive to reduced weight-bearing activity.

In the context of these findings, it has been demonstrated that hyperthyroidism (i.e., T3 treatment) also induces a marked down regulation of slow, type I MHC gene expression while concomitantly increasing expression of the type II MHC genes without necessarily inducing muscle atrophy (Caiozzo et al., 1991, 1993). These observations raised the question as to whether both unloading (HS) and T3 treatment cause slow type I MHC repression via a common process/pathway. To address this issue, a series of experiments were conducted to examine both the separate and combined effects of HS and T3 treatment on MHC isoform expression spanning a time interval of 28 days (Caiozzo et al., 1997, 1998). The key findings of these experiments demonstrated that both T3 treatment and HS individually induced a ~40–50% loss in slow type I MHC expression at both the mRNA and protein levels. In contrast, when the two interventions were combined, all slow type I fibers were induced to express various combinations of fast type II MHC isoforms, i.e., types IIa, IIx, and IIb. These hybrid MHC fibers included novel combinations such as I/IIa/IIx, I/IIx/IIb, and I/IIa/IIx/IIb (Caiozzo et al., 1998). Thus, these findings demonstrated that the soleus muscle does not necessarily contain refractory fibers in response to unloading. Rather, this slow muscle fiber type contains different populations of slow fibers that vary in their sensitivity to various altered physiological conditions such as thyroid state and mechanical loading stimuli. Alternatively, it may be that the combination of these mechanical, neural, and metabolic perturbations ablate all sources of fast and slow phenotype protein regulation that normally exists, thus eliminating, at least temporarily, all of the crucial mechanisms normally underlying muscle phenotypes.

SPINAL CORD ISOLATION

While the models of spaceflight and of hind limb suspension induce marked alterations in both MHC gene expression and muscle fiber mass compared to normal weight-bearing rats, it is difficult to quantify the amount of neuromuscular activation that is necessary for these target muscles to maintain their homeostasis in response to these contrasting types of interventions. One model that addresses this dilemma is the unique model of SI in which the limb muscle fibers are neurologically silenced while maintaining an intact innervation for prolonged periods (Pierotti et al., 1991; Roy et al., 1992). In this model, the lumbar region of the spinal cord is functionally isolated by complete spinal cord transection at both the cervical and sacral levels, along with performing a bilateral dorsal rhizotomy between the two transection sites. This surgical procedure eliminates supraspinal, infraspinal, and peripheral afferent input to the spinal cord segments while leaving the motoneuron-muscle fiber connection intact. Thus, SI provides a model that removes both neuromuscular activation and loading stimuli while the motoneurons continue to exert activity-independent neurotrophic effects on the inactive muscle fibers (Roy et al., 1992).

In 2001, our research group conducted a longitudinal study spanning 90 days in which SI rats were compared to their weight bearing counterparts after 4, 8, 15, 30, 60, and 90 days of SI (Huey et al., 2001). The mean soleus muscle to body weight ratios (mg/gram) were reduced by 10, 27, 43, 53, 55, and 66%, respectively over these time points indicating that the neuromuscular inactivation (including non-weight-bearing activity) resulted in a marked degree of atrophy in the target soleus muscle. Beginning on day 15 and up to 90 days of SI, the type I MHC mRNA expression was significantly decreased; whereas, MHC protein did not significantly decrease until day 30 and 60 in both the slow soleus and AL muscles. However, in both muscles, slow MHC down regulation was offset by significant up regulation of the faster type II MHC isoforms, especially the IIx MHC. From 60 to 90 days of intervention, the type I MHC was almost completely replaced with the faster type II isoforms when examined at both the mRNA and protein levels of analyses. Thus, in the SI model chronic inactivity and unloading of slow rat hindlimb muscles shifted their MHC profile from predominantly type I to type IIx mRNA and protein. Based on this study, additional studies were performed to gain more insight concerning the transcriptional/pretranslational mechanisms involved in this model, as presented below.

A CHRONOLOGICAL ASSESSMENT OF TRANSCRIPTIONAL/PRETRANSLATIONAL MECHANISMS IMPACTING MUSCLE MASS AND CONTRACTILE PHENOTYPE IN ANIMAL MODELS OF CHRONIC UNLOADING

SPINAL CORD ISOLATION MODEL

Given the rapid loss in muscle mass along with the marked shift over time from a slow to fast muscle contractile phenotype in response to SI at both the mRNA and protein level, our integrated group performed a series of experiments to characterize both the molecular and cellular processes linked to these alterations (Huey et al., 2002; Haddad et al., 2003a,b).

First of all, we tested the hypothesis that the down regulation of type I MHC expression in the soleus muscle of SI rats is regulated at the transcriptional level by using the in vivo direct gene transfer approach to identify key regulatory elements in the type I MHC promoter responsible for the inhibition of type I MHC gene transcription (Huey et al., 2002). To perform these experiments, we first validated the in vivo gene injection technique in rats, which is the animal model we used for all of our transcriptional mechanistic studies (Giger et al., 2000). With this direct gene transfer approach, we determined the activity of different length type I MHC promoter fragments, linked to a firefly luciferase reporter gene in soleus muscle of control and SI rats. One week of SI significantly decreased in vivo activity of the −3500, −408, −299, −215, and −171 base pair (bp) type I MHC promoter fragments. When the activity of all the tested promoters were expressed relative to activity of the skeletal actin promoter (to normalize the data) all of the slow MHC promoters tested were significantly reduced in the SI soleus except the short −171 bp promoter, which was significantly elevated. Mutation of the βe3 element (−214/190 bp) in both the −215 and −408-bp promoters and deletion of this element in the −171-bp promoter attenuated type I down regulation in response to SI. Also, gel mobility shift assays demonstrated a decrease in the transcription enhance factor-1 (TEF-1) binding to the βe3 element in response to SI. These results indicated that the type I MHC down regulation with SI is indeed regulated at the transcriptional level. Also, our findings suggested that interactions between the TEF-1 transcription factor and the βe3 element were likely pivotal to this response.

Additional studies focused on time-course quantitation of myosin expression at both the protein and mRNA level in response to SI (Haddad et al., 2003a,b). Adult female rats were assigned randomly to normal control and SI groups and then studied at 0, 2, 4, 8, and 15 days following SI surgery. The slow soleus muscle atrophied by 50% at the 15 day time point with the greatest loss occurring within the first 8 days. The concentration of myofibril protein steadily decreased between 4 and 15 days of SI, and this alteration was associated with a 50% decrease in MHC protein normalized to the total protein content. The concentration of actin, relative to total protein was impacted to a lesser extent. Interestingly, marked reductions occurred in total RNA (of which ~85% is ribosomal) along with a decrease in DNA content. Also, total MHC and actin mRNA expressed relative to 18S ribosomal RNA was markedly reduced consistent with the promoter studies presented above.

These findings suggest that two key factors contributed to the muscle atrophy that occurs in the SI model: (1) total ribosomal RNA concentration is reduced, which results in a reduction in “protein translational capacity”; and (2) insufficient mRNA substrate is maintained for the translation of key sarcomeric proteins comprising the myofibril fraction such as MHC and actin. In addition, the marked selective depletion of MHC protein in the muscles of the SI rats suggests that this protein (MHC) is more sensitive to inactivity than the actin, even though the actin protein content also is significantly decreased. Collectively, these data are consistent with the involvement of both transcriptional/pretranslational and translational processes contributing to the marked muscle atrophy that occurs in response to SI. Furthermore, this study provided important evidence that those atrophy processes that occur in the absence of weight-bearing activities, such as chronic disuse and spaceflight, are not solely regulated by protein degradation processes as presented in Figure 3. Rather, the atrophy process is strongly influenced by events that negatively impact the muscle's ability to generate sufficient sarcomeric protein to offset the enhanced degradation process that is occurring during the early stages of unloading.

The findings noted above were complemented further by focusing on transcriptional events using semi-quantitative RT-PCR to analyze the expression of slow type I MHC along with α-skeletal actin gene expression at both the pre-mRNA and mature mRNA level in control and 8-day SI soleus RNA samples (Haddad et al., 2003b). We also examined key signaling pathway markers for both protein translation and degradation processes. SI was associated with reduced transcriptional activity (via pre-mRNA analyses for both slow type I myosin and alpha-actin). In addition, there was an increase in gene expression of those enzyme systems enhancing protein degradation (calpains), and enzymes associated with polyubiquitination processes, e.g., atrogin-1 (E3α Ub ligase) that further contribute to the protein deficits occurring in the SI muscles via the up-regulation of the degradation pathways presented in Figure 3.

Interestingly, IGF-1, IGF-1 receptor, and IGF-1 binding proteins 4 and 5 mRNA expression were markedly induced. These phenomena normally occur under conditions that turn on muscle hypertrophy (Adams et al., 2004). We speculate that these IGF-1 anabolic stimuli are most likely being turned on to counteract the enhanced elevation in protein degradation that occurs during SI (Sacheck et al., 2007). In addition, phospho-ERK-1 and -ERK-2 were elevated. Since both the IGF-1 and ERK1/2 cascades have been implicated as key signaling pathways necessary for inducing normal, as well as anabolic/hypertrophic growth processes in skeletal muscle (Adams et al., 2004), these latter observations in the SI model are consistent with anabolic stimuli being turned on to offset the degradation cascade that occurs during the early stages of SI.

Interestingly, during SI these above responses occurred in the absence of any functional up-regulation of key translational regulatory proteins (e.g., p70 S 6 kinase, and eukaryotic 4E binding protein-1) that are normally necessary for augmenting protein translation processes (Figure 5) to compensate for the decreased “protein translational capacity” noted above. Therefore, these observations collectively demonstrate that (1) the molecular changes accompanying SI-induced muscle atrophy are not necessarily the reverse of those alterations normally occurring during muscle hypertrophy in response to anabolic cascades; and (2) the rapid and marked atrophy that defines the SI model of neuromuscular inactivity is likely the result of multi-factorial processes negatively affecting transcriptional, translational, and post-translational processes, the latter of which enhances net protein degradation targeting the myofibril/sarcomeric complex (Figure 5).
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FIGURE 5. Signaling Pathways Leading to Altered Protein Balance Affecting Muscle Fiber Size. A simplified schematic of signaling pathways affecting protein balance in muscle fibers. Signals are initiated by either growth factors, nerve, or muscle contractile activity and are transmitted into the cells to affect protein synthesis via mTOR/Akt signals, protein transcription via MAPK ERKs, and protein degradation through Foxo/Atrogin/Murf1 action. For further information, the readers are referred to excellent reviews by Sandri (2008); Elkina et al. (2011); Bonaldo and Sandri (2013) and by Frost and Lang (2012).



HINDLIMB SUSPENSION MODEL

As noted above, ~90% of the fibers in the rat soleus muscle express the slow-type I MHC protein (Giger et al., 2000). HS induces the MHC isoform population to shift from a slow type I MHC predominance toward a predominance of the type II MHC isoforms (Caiozzo et al., 1997). Thus, we hypothesized that this shift in expression involving the slow type I MHC down regulation is transcriptionally regulated through specific cis-elements in the type I MHC promoter.

In weight-bearing rats, the relative luciferase activity of the longest type I MHC promoter fragment (−3500 bp) is three-fold greater than the shorter promoter constructs, suggesting that an enhancer sequence is present in the up stream promoter region(Giger et al., 2000). After 1 week of HS, the reporter activities of the −3500, −914, and −408-bp constructs were significantly reduced by ~40% as compared to the control muscles (Giger et al., 2000). However, no differences in −215 bp promoter activity were observed between HS and weight bearing, control muscles. These findings suggested that (1) there are key elements in the type I promoter in the −408 sequence that confer activity of the type I MHC gene, and (2) transcriptional events are pivotal to the altered expression of the type I MHC gene in response to unloading stimuli induced by HS.

In a follow up study, a similar paradigm was conducted to ascertain the key sequences responsible for the transcriptional alterations that occur in response to HS (Giger et al., 2004). This study utilized mutation analyses involving six putative regulatory elements within the −408 promoter sequence. These experiments demonstrated that three elements, i.e., an A/T rich sequence, a proximal muscle-type CAT (βe3) sequence, and an Ebox (−63 bp) sequence likely interact to regulate the basal level of the slow, type I MHC promoter in normal control soleus muscle; and these elements function collectively as an “unloading response sequence”. Gel mobility shift assays revealed a diminished level of complex formation involving the βe3 and E-box probes using nuclear extract obtained from soleus muscles of HS rats when compared to the soleus from control rats. Super-shift assays indicated that transcriptional enhancer factor 1 (TEF-1) and myogenin factors bind the βe3 and E-box probes, respectively in control soleus. Western blots showed that the relative concentrations of TEF-1 and myogenin factors were significantly attenuated in the unloaded soleus compared with the normal control muscle. These observations suggest that the down regulation of the slow type I MHC in response to unloading is due, in part, to a significant decrease in the level of expression of these transcription factors being available for binding to the positive regulatory elements.

Based on the above findings implicating transcriptional inhibition of the transfected slow type I MHC promoter in response to a short duration HS paradigm (i.e., 7 days), we hypothesized that the in vivo type I MHC promoter must undergo an early response to unloading stimuli (Giger et al., 2009). Given the fact that α-actin (acta-1) comprises ~40% of the myofibril protein milieux and undergoes altered expression in response to paradigms impacting muscle mass (Carson et al., 1996), we further postulated that skeletal actin-1 is a primary player during the atrophy process in the soleus muscle during states of unloading. Therefore, we characterized the dynamic changes in the unloaded soleus muscle, in vivo, following short bouts (1, 2, and 7 days) of HS (Figure 6), testing the hypothesis that transcriptional events respond within several hours after the initiation of the atrophic stimulus. In fact, we observed that after only 1 day of HS, the primary transcript levels of skeletal acta-1 and type I MHC pre-mRNA were significantly reduced by more than 50% compared to weight-bearing control rats. The degree of the decline for the mRNA expression of actin and of type I MHC lagged behind that of the pre-mRNA after 1 day of HS, but large decreases were observed after 2 and 7 days of HS. Although the faster MHC isoforms, IIx and IIb, began to be expressed in the soleus muscle after 1 day of HS, a relatively significant shift in mRNA expression from the slow MHC isoform type I toward these fast type II MHC isoforms did not emerge until ~7 days of HS. Interestingly, 1 day of HS was sufficient to show significant decreases in mRNA levels of putative signaling factors such as serum response factor (SRF), suppressor of cytokine signaling-3 (SOCS3) and striated muscle activator of Rho signaling (STARS); whereas the decreases in transcriptional enhancing factor 1 (TEF-1), yin yang-1(YY1) were less robust. The protein level of actin and type I MHC were significantly decreased after 2 days of HS, whereas, SRF protein was markedly decreased only after 7 days of HS. Thus, our results show that after only 1 day of unloading, pre-mRNA and mature mRNA expression of muscle proteins and muscle-specific signaling factors are significantly reduced. These findings suggest that the down regulation of the synthesis side of the protein balance equation that occurs in atrophying muscle is initiated rapidly during the unloading stimulus cascade, especially when one considers the observation that total/ribosomal RNA concentration also is reduced early on in the unloading stimuli (Giger et al., 2009).
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FIGURE 6. Muscle atrophy in antigravity muscle is rapid and preceded by transcriptional repression of myosin and actin. Change in soleus mass, actin and type I MHC pre-mRNA in response to 7 days hindlimb suspension (HS) unloading. * is for p < 0.05 vs. 0 Day time point for each variable.



HISTORICAL PERSPECTIVE CONCERNING THE IMPACT OF UNLOADING ON MUSCLE MASS AND CONTRACTILE PHENOTYPE

Historically, the dogma concerning unloading stimuli impacting muscle atrophy has centered on the notion that both a decrease in protein synthesis and an increase in protein degradation account for the net muscle loss/atrophy. Booth et al., to our knowledge, were the first investigators to systematically examine the role of protein synthesis and pretranslational markers (MHC and actin gene regulation) on muscle atrophy processes using rodent limb immobilization models (Watson et al., 1984; Babij and Booth, 1988). By focusing on the fast twitch gastrocnemius muscle, their findings suggested that protein synthesis deficits were early contributors to the muscle atrophy during the early stages of immobilization. More recently, factors regulating catabolic processes such as the FOXO-ubiquitin/atrogin-related cascade have been shown to play a pivotal role in the protein degradation process (Sandri et al., 2004). In the context of the above observations, which for the most part, have focused primarily on translational/post-translational events (Sandri et al., 2004; Glass, 2005; Baar et al., 2006; Kandarian and Jackman, 2006), it appears that transcriptional-pretranslational events have received less attention. In fact, experiments performed by Booth's group (Watson et al., 1984; Babij and Booth, 1988) indicated that actin or type I MHC mRNA expression contributed little to the atrophy response until approximately seven or more days had elapsed in either limb immobilization or HS paradigms. However, our findings, as noted above for both the SI and HS models, clearly document that marked rapid losses of MHC and actin, pre- mRNA, MHC, and actin mRNA, and total ribosomal RNA collectively play a significant role in the context of protein balance being biased to a net degradation of the myofibril apparatus. As shown in Figure 6, which is a compilation of data derived from the recent paper by Giger et al. (2009), it is obvious that transcription of both the slow-type I MHC and actin genes are repressed within 1 day of HS, well before there are significant alterations in muscle mass. These findings clearly suggest that transcriptional/pretranslational processes are playing a significant role in the early stages of unloading. Given the additional observation that ribosomal RNA, the building block for protein translation, is significantly reduced at the same time, it is obvious that these combined alterations play a key role in the remodeling of antigravity muscle in response to unloading.

MECHANISMS OF SLOW TO FAST MHC GENE SWITCHING DURING UNLOADING: ROLE OF CHRONIC LOW-FREQUENCY ELECTRICAL STIMULATION

The nerve activity patterns are thought to regulate MHC gene expression and muscle fiber phenotype. It has been proposed that skeletal muscles expressing predominantly the slow such as the soleus, type I MHC isoform are regulated by a stimulation profile consisting of a slower frequency stimulation paradigm (Henning and Lomo, 1985). For example, in hind limb unloading, chronic low frequency stimulation of 20 Hz proved to be effective in maintaining the slow fiber-type without having any impact on preserving muscle mass (Leterme and Falempin, 1994; Dupont et al., 2011). These interesting observations suggest that in order to maintain overall muscle mass in the face of unloading paradigms stimuli that resemble gravity loading forces are necessary to maintaining muscle mass.

MECHANISMS OF SLOW TO FAST MHC GENE SWITCHING DURING UNLOADING: ROLE OF NON-CODING ANTISENSE RNA

In previous sections of this review, we described that during SI there was a switching of MHC gene expression whereby both the slow-type I and fast type IIa genes were transcriptionally repressed while the faster type IIx and to a lesser extent the type IIb MHC genes were expressed de novo in the unloaded SI soleus muscle (Huey et al., 2001, 2002). In the context of these observations it is important to point out the unique genomic organization of the MHC gene family in mammals. This gene family comprise at least eight members: two cardiac MHC genes alpha and beta (I), three adult fast MHC (IIa, IIx, and IIb), two developmental MHC (Embryonic and Neonatal), and one specialized form the extraocular (EO) MHC gene. Note that cardiac beta is the same as the type I MHC gene that is expressed in slow skeletal muscle fibers. These MHC genes are clustered into two clusters: (1) the cardiac MHC on chromosome 15 in the rat, and (2) the skeletal MHC cluster on chromosome 10 (Figure 7). These genes' clustering, orientation, and tandem organization have been conserved through millions of years of mammalian evolution. This conserved configuration raises questions as to whether this particular MHC gene alignment is of functional significance in their patterns of regulation.
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FIGURE 7. The organization of the sarcomeric myosin heavy chain (MHC) gene family. At least 8 MHC genes are expressed in striated muscle and are found in two clusters: (1) the cardiac MHC gene cluster on rat chromosome 15, which consists of the type I also called β and the α cardiac MHC genes. Type I is the slow MHC expressed in slow skeletal muscle fibers; (2) the skeletal MHC gene cluster on rat chromosome 10, the embryonic (Emb), fast IIa, IIx, IIb, neonatal (Neo) and extraocular (Eo) genes are located in tandem in the order depicted. This MHC gene organization, order, head to tail orientation, and spacing has been conserved through millions of years of evolution and could be of great significance to the way these genes are regulated in response to various stimuli. Human and mouse cardiac MHCs are found on chromosome 14; whereas human skeletal MHCs are found on chromosome 17, and the mouse skeletal MHCs are found on chromosome 11.



Recent evidence has implicated a non-coding antisense RNA in the coordinated regulation of two positioned genes in tandem, which emphasize the importance of the genomic organization of these MHC genes in their coordinated regulation. For example, in 2003 Haddad et al. (2003c) reported the novel discovery that in cardiac muscle, a naturally occurring antisense RNA to the cardiac β (type I) MHC gene is involved in cardiac MHC gene regulation. Cardiac α and β MHC isoforms are the products of two distinct genes that are organized in tandem in a head to tail position on the same chromosome in the order of β → α (Figure 7); and are separated by a ~4.5 kb intergenic space. A long non-coding antisense RNA is transcribed from the DNA strand that is opposite to the MHC genes creating a β antisense RNA. This antisense-β transcript was implicated with the MHC isoform gene switching in the heart in response to both diabetes and hypothyroidism (Haddad et al., 2003c). Given these observations, studies were subsequently carried out on skeletal muscle to ascertain if non-coding antisense RNA expression in slow and fast skeletal muscle contributes to the patterns of MHC gene expression in response to unloading stimuli.

In 2006, Pandorf et al. (2006) published a paper which investigated type II MHC gene regulation in the slow type I soleus muscle fibers undergoing a slow to fast MHC transformation in response to seven days of SI. Transcriptional products were examined of both the sense and antisense strands across the IIa-IIx-IIb MHC gene locus presented in Figure 7. Results showed that the mRNA and pre-mRNA of each MHC had a similar response to the SI stimulus, suggesting regulation of these genes at the transcriptional level. In addition, detection of a previously unknown antisense strand transcription occurred that produced natural antisense transcripts (NATs). RT-PCR mapping of the RNA products revealed that the antisense activity resulted in the formation of three major products: aII, xII, and bII NATs, i.e., antisense products of the IIa, IIx, and IIb genes, respectively. The key observation of this experiment was that the SI-induced inactivity caused a marked inhibition of both the slow type I and type IIa genes along with up regulation of both the IIx and IIb genes. Thus, the inactivity model of SI (1) negatively impacts transcription of the type I MHC gene directly by inhibiting its promoter (see above), and (2) induces anti sense aII NATs that primarily repress transcription of the IIa MHC gene (Figure 8), thereby creating a switch from slow I/IIa to a fast IIx fiber of the normally slow soleus muscle Importantly, this observation explains the existence of type I/IIx hybrid fibers reported previously by Caiozzo et al. (1998); and nulling out the transition schemes originally proposed by Pette and Staron, that MHC transitions in muscle fibers occur in a precise order I↔IIa↔IIx↔IIb (Pette and Staron, 1990).
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FIGURE 8. Relationship between Sense and Antisense Transcripts in Soleus Muscle. IIa mRNA is inversely proportional to IIa NAT (A); whereas IIx pre-mRNA is correlated positively to IIa NAT (B). Lines are generated by regression analyses (GraphPad Prism). r, Pearson coefficient determined with correlation analyses for each set. Open triangle, control; closed square, SI. Also shown is a schematic of the IIa and IIx genes, and transcriptional activity in the intergenic region depicting a bidirectional promoter (BPR) in the IIx 5′ proximal region (Pandorf et al., 2006).



MECHANISMS OF SLOW TO FAST MHC GENE SWITCHING DURING UNLOADING: ROLE OF EPIGENETIC MODIFICATION OF HISTONES AT MHC GENES

Recent advances in chromatin biology have advanced our understanding of gene regulation suggesting that alterations in gene regulation are highly dependent upon post-translational modifications to the histones, which package genes in the nucleus of cells. Active genes are known to be associated with acetylation of histones (H3ac) and trimethylation of lysine 4 in histone H3 (H3K4me3) as presented in Figure 9. In 2009 our group headed by Clay Pandorf used the chromatin immunoprecipitation (ChIP) technique to examine histone modifications at the MHC genes expressed in fast vs. slow fiber-type muscles using the model of HS, which induces a shift to fast MHC genes expression in the slow, type I soleus muscle (Pandorf et al., 2009). The findings indicate that both H3ac and H3K4me3 varied with the transcriptional activity of the MHC in fast fiber type plantaris and slow fiber type soleus muscles. During MHC transitions with muscle unloading, histone H3 at the type I MHC gene becomes de-acetylated in correspondence with down regulation of that gene, while up regulation of the fast type IIx and IIb MHCs occurs in conjunction with enhanced H3ac in those MHC genes. Enrichment of H3K4me3 is also increased at the type IIx and IIb MHCs when these genes are induced by unloading stimuli. Down regulation of the IIa MHC gene, however, was not associated with a corresponding loss of H3ac or H3K4me3. These observations demonstrated the feasibility of using the ChIP assay to understand the native chromatin environment in adult skeletal muscle, and further suggest that the transcriptional state of types I, IIx, and IIb MHC genes are sensitive to histone modifications both in different muscle fiber types and in response to altered loading states. Additional studies are needed to ascertain the temporal nature of alterations in the histone machinery relative to the alterations in transcriptional activity the target gene's promoter in response to altered loading state. These results demonstrate the important role of histone biology in understanding the plasticity of skeletal muscle under different activity/inactivity paradigms.
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FIGURE 9. Chromatin state and gene transcription. Model for chromatin factors interacting with transcription factors to regulate transcription of a gene. Histone modifications and DNA methylation are important factors in regulating the chromatin from active to repressed and vice versa. Histone H3 acetylation and histone H3 methylation and lysine 4, are both associated with an active chromatin state. In contrast, histone H3 methylation at lysine 9 or lysine 27 as well as DNA methylation are associated with repressive chromatin state. Chromatin is in a dynamic equilibrium between the two states.



STRATEGIES TO AMELIORATE MUSCLE ATROPHY DURING EARLY AND EXTENDED STAGES OF MUSCLE UNLOADING

HINDLIMB SUSPENSION

In previous sections, we pointed out the rapid nature of unloading-induced deficits in transcriptional/pretranslational activity of key marker myofibril genes such as slow MHC and actin (Giger et al., 2000). In addressing this topic, we postulated that to either ameliorate and/or prevent such deficits one needed to (1) employ high RE stimuli at the outset of initiating the unloading paradigm; and (2) utilize a RE paradigm that was effective in stimulating muscle hypertrophy in ambulatory rats. Therefore, we utilized an isometric paradigm to blunt the atrophy response during the first 5 days of HS in which there is a rapid unloaded stimulus occurring (Haddad et al., 2006). The findings of this study showed that (1) there was a ~20% decrease in absolute muscle mass; (2) the normalized myofibril fraction concentration and content were decreased; and (3) a robust isometric training paradigm known to induce a hypertrophy response, failed to maintain the myofibril protein content. This response occurred despite fully blunting the increases in the mRNAs for atrogin-1, MURF-1, and myostatin, i.e., markers of an activated catabolic state (Figure 5). Analyses of the IRS-1/PI3K/AKT markers indicated that the abundance of IRS-1 and the phosphorylation state of AKT and p70S6K were decreased relative to the normal control state. Thus the resistance training failed to maintain these anabolic signaling markers at an appropriate regulatory level.

Therefore, Adams et al. (2007) initiated an additional study to determine if RE involving a greater contractile volume of loading per each training session (3 s per contraction) along with integrating isometric, concentric, and eccentric actions during each contraction, would be effective in preventing unloading-induced muscle atrophy (Adams et al., 2004). Rats were exposed to 5 days of muscle unloading via HS. During each session, one leg received electrically stimulated RE and the contra lateral leg served as the control. The results indicated that the combined mode of RE provided an effective anabolic stimulus to maintain both muscle mass and myofibril content of the trained relative to the contra lateral control muscle. Relative to the control muscle, the RE stimulus also increased the levels of total RNA (indicative of translational capacity) enhanced mRNA levels for several anabolic/myogenic markers such as IGF-I, myogenin, myoferlin, and procollagen III-α-1; and decreased the mRNA levels of myostatin, a key negative regulator of muscle fiber size (Elkina et al., 2011). The combined mode RE protocol also increased the activity of anabolic signaling regulators such as p70S6 kinase and hyperphoso-4E-binding protein. Collectively, these results indicate that a combination of static- and dynamic-mode RE of sufficient volume provides an effective paradigm to enhance anabolic/myogenic mechanisms to counteract the initial stages of the unloading-induced muscle atrophy cascade.

SPINAL ISOLATION

 Kim et al. (2008) examined anabolic and catabolic markers of muscle protein metabolism in SI-induced atrophying muscles with and without daily short-duration, high resistance isometric contractions. The stimulation protocol consisted of pulses (100 Hz, 4 s duration) delivered once every 30 s for 5 min, followed by 5 min of rest, repeated three times: this entire sequence was repeated twice per day with a 9-h rest interval). The total amount of activation was 4 min per day for 5 consecutive days. Adult rats were assigned to either a normal control or SI group in which one limb was stimulated (SI-Stim) with brief bouts of high-load isometric contractions (via a microstimulator provided by the Alfred Mann Foundation implanted parallel to the sciatic nerve) and one limb not stimulated (SI-C). Both the MG and soleus weights (relative to body weight) in the SI-C were atrophied by ~30%, but were maintained at control levels in the SI-Stim group. Activity of the IGF-I/PI3K/AKT pathway of protein anabolism was similar among all groups in the MG. Expression of atrogin-1 and muscle RING finger-1(MURF-1) markers were higher in the MG and soleus of the SI vs. the normal control group, and were maintained at control level in the SI-Stim group. Compared with the control state, myostatin, an anti-growth factor, was unaffected in the MG and soleus in the SI control group, but was lower in the MG of the SI-Stim group. These results demonstrated that up regulation of specific protein catabolic pathways play a critical role in SI-induced atrophy; whereas, this response was blunted by 4 min of daily high-resistance electromechanical stimulation, and was able to preserve most of the muscle mass. Although the protein anabolic pathway (IGF-1/PI3K/AKT) appears to play a minor role in regulating muscle mass in the SI Model, increased “translational capacity” via increases in total ribosomal RNA may have contributed to muscle mass preservation in response to isometric contractions as appears to occur in the HS model described above (Adams et al., 2007).

A more prolonged parallel study then was performed to determine the effects of chronic inactivity on the catabolic and anabolic pathways in a slow (soleus) and fast (plantaris) muscle (Kim et al., 2010). The stimulation protocol consisted of pulses (100 Hz, 1 s duration) delivered once every 30 s for 5 min, followed by 5 min of rest, repeated six times consecutively (Stim 1) or with a 9-h interval after the third bout (SI-Stim 2). The total amount of activation was 1 min per day for 30 consecutive days. The SI-Stim1 and SI-Stim2 paradigms attenuated plantaris muscle loss by 20 and 38%, respectively, whereas, SI-Stim 2 blunted soleus atrophy (24%) relative to SI-C. Muscle mass alterations occurred independently of the IGF-1/PI3K/AKT pathway. No relationships between SI or electro-mechanical stimulation and expression mechanisms of several atrophy markers were altered. These particular data suggest that regulatory mechanisms for maintaining muscle mass previously shown in more acute states of atrophy (early stages of atrophy) noted above differ substantially from those situations occurring during “chronic states” of long term atrophy. Clearly, more research is needed in this important area, because the initiation of countermeasure programs after the atrophy processes is underway appears to be more challenging than immediately initiating the counter measure before the atrophy is well primed.

SUMMARY AND FUTURE DIRECTIONS

In this review we have examined three models of unloading the hindlimb skeletal muscles of rodents, i.e., spaceflight/microgravity, a ground based HS model, and the unique model of SI. All three models markedly decrease the frequency and magnitude of ground reaction forces. However, the former two models still enable movement of the hindlimbs; whereas the SI model silences both neuromuscular activation/loading and movement. These models clearly show similar qualitative and quantitative alterations resulting in muscle fiber atrophy along with a marked slow to fast shift in the fiber contractile phenotype. This latter alteration is specifically linked to altered gene expression of the MHC gene family of motor proteins, especially the slow-type I MHC along with altered actin expression, both of which account for the major composition of the myofibril fraction of the muscle. Transcriptional, pretranslational, translational, and post-translational events spearhead the muscle atrophy processes resulting in a marked decrease of the myofibril fraction, which contains the contractile machinery. Although these subcellular alterations interact to create a rapid reduction in skeletal muscle mass, especially in those muscles expressing primarily slow motor units, it is important to point out that transcriptional events, along with ribosomal RNA levels, are primary events that catalyze the rapid phase of the atrophy process. On the other hand, the events that cause a shift in slow to fast MHC gene expression depend upon unique regulatory processes involving mechanisms associated with non-coding antisense RNA expression processes to inhibit expression of the “slower fast” isoform genes, i.e., type IIa MHC, to enable up regulation of the faster type IIx and IIb isoforms. In addition, new findings suggest that epigenetic mechanisms impacting histone modifications are also occurring and may be a key coordinator of this gene switching process. For example, histone modifications occurring in response to altered loading states may be regulated by antisense transcription of the MHC genes. New research will be needed to test the role of antisense non-coding RNA in recruiting histone modifying enzymes as well as other factors capable of altering chromatin function and gene transcription.

Epigenetic regulation of gene transcription is complex; it involves chromatin structure and requires interaction and cooperation among several histone modifying enzymes, remodeling enzymes, and transcription factors. Another epigenetic phenomenon is DNA methylation. This process is more dynamic than previously thought. It is altered in response to loading stimuli and in turn, it alters gene function (Barrès et al., 2012). Very little is known about the role of the DNA methylation in MHC gene regulation Future research in these areas is needed to expand our understanding of the complex multilayered regulation of the muscle genes that are responsible to muscle fiber diversity.

In spite of a clearer understanding of the molecular mechanisms underlying muscle plasticity, atrophy, and contractile phenotype switching, our understanding of the mechanical and metabolic events that trigger these adaptive events are minimal. For example the obvious differences in the sensitivity of different muscle types to the “unloading” perturbations addressed in this review have received almost no attention. Another event in the atrophic process that has received remarkably little focus has been how such a rapid disassembly of the highly structural organized contractile protein can occur in a muscle such as the soleus, and yet, the muscle remains functional. Finally, the role of the nervous system, particularly the motoneuron, in being a source of regulation via activity-independent (neurotrophic) and/or activity-dependent (mechanical) mechanisms, of the molecular events discussed herein remains poorly understood.

What is clear from current research is that gene regulation is a multilayered process with many molecular layers interacting together to achieve the fine control. Large gaps exist in our understanding of molecular processes underlying muscle function and the response to perturbation. Advances in the area of functional genomics, proteomics, and metabolomics hold the promise to broaden our understanding of muscle plasticity and can potentially uncover novel regulatory pathways that are involved in muscle adaptation to patho-physiological processes as manifest in altered muscle mass and muscle function. Delineating interactions among various regulatory layers will be essential for our full understanding of these complex processes, and will eventually lead to specific targets for intervention against muscle atrophy and fiber-type shifts.
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Klotho is a powerful longevity protein that has been linked to the prevention of muscle atrophy, osteopenia, and cardiovascular disease. Similar anti-aging effects have also been ascribed to exercise and physical activity. While an association between muscle function and Klotho expression has been previously suggested from longitudinal cohort studies, a direct relationship between circulating Klotho and skeletal muscle has not been investigated. In this paper, we present a review of the literature and preliminary evidence that, together, suggests Klotho expression may be modulated by skeletal muscle activity. Our pilot clinical findings performed in young and aged individuals suggest that circulating Klotho levels are upregulated in response to an acute exercise bout, but that the response may be dependent on fitness level. A similar upregulation of circulating Klotho is also observed in response to an acute exercise in young and old mice, suggesting that this may be a good model for mechanistically probing the role of physical activity on Klotho expression. Finally, we highlight overlapping signaling pathways that are modulated by both Klotho and skeletal muscle and propose potential mechanisms for cross-talk between the two. It is hoped that this review will stimulate further consideration of the relationship between skeletal muscle activity and Klotho expression, potentially leading to important insights into the well-documented systemic anti-aging effects of exercise.
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INTRODUCTION

Mankind has long sought means to extend longevity and counteract the effects of aging on physical functioning. Modern day scientific discoveries have made considerable strides in our biological understanding of contributing factors in the aging process. Such discoveries are critical for the development of therapeutic strategies to prevent, delay or reverse age-related declines.

Skeletal muscle is the largest organ of the human body, and it comprises over 40% of the body's mass in non-obese individuals. It is therefore not surprising that alterations to the skeletal muscle contractile unit have profound effects on overall organismal health. Age-related declines are manifest by a decreased ability for aged skeletal muscle to respond to physiological stimuli such as muscle loading or acute injury. Indeed, older adults often exhibit an age-related reduction in the number and size of muscle fibers, known as sarcopenia (Lexell, 1995). The subsequent sarcopenia-related muscle weakening and atrophy soon leads to the onset of decreased mobility. Secondary effects of sarcopenia include an increased risk for falls (Tinetti, 1987), declines in physical functioning (Rantanen et al., 1997) and a decreased participation in activities of daily living (Tinetti, 1987; Szulc et al., 2005; Reid et al., 2008). Macro-level deficits are, at least partially, the result of age-related molecular and cellular alterations. These alterations include impaired metabolic pathways (i.e., insulin/IGF, forkhead transcription factor, and mTOR signaling) and altered muscle maintenance systems (i.e., ubiquitin-proteasome system, autophagy-lysosome system) (Sandri et al., 2013). In addition, muscle stem (satellite) cells (MuSCs), responsible for dictating skeletal muscle regenerative capacity, display impaired functioning with increasing age (reviewed in Conboy and Rando, 2012). With age, these cells demonstrate a decline in regenerative potential owing to altered cellular proliferation and myogenic differentiation (reviewed in Mann et al., 2011; Conboy and Rando, 2012). As the number of elderly individuals in the United States grows, functional detriments resulting from these age-related declines in skeletal muscle maintenance and healing capacity will increasingly represent an important public health burden. The development of methods to promote healthy aging has, therefore, become more important than ever.

There is abundant evidence that exercise may be effective in preventing, delaying or reversing the effect of age on tissue health and functioning. The anti-aging physiological benefits of physical activity/exercise have been well documented and include the prevention of muscle wasting, cardiovascular diseases, and hypertension (see Table 1). Accordingly, physical fitness level is an important predictor of both being able to live independently into old age and all-cause mortality (Myers et al., 2002; Gulati et al., 2003; Myers, 2003). Studies have suggested that improving physical fitness may decrease the risk of death by up to 44% (Blair et al., 1995). Inherent to physical activity or exercise is skeletal muscle contractile activity. While other benefits of exercise, such as improved cardiovascular health, may not be discounted, adequate skeletal muscle functioning is likely a sine qua non in the anti-aging effects of exercise (Castillo-Garzon et al., 2006). Indeed, handgrip strength, a surrogate measure for total body muscle strength (Rantanen et al., 2003), has been shown in previous studies to be a reliable marker of wellbeing (Lord et al., 2003; Chang et al., 2004; Hulsmann et al., 2004) and is a potent predictor of both the expectancy to live independently and mortality (Castillo-Garzon et al., 2006). Perhaps even more compelling are findings that grip strength in healthy, middle aged men is predictive of functional limitations and disability 25 years later (Rantanen et al., 1999). Based on this and other studies, Rantanen and colleagues suggested that muscle strength may serve as a marker of “physiological reserve” even in midlife, and that the extent of this reserve may be indicative of vulnerability to disease and disability into old age (Rantanen et al., 2012).

Table 1. Summary depicting overlapping physiological and functional responses to Klotho expression and exercise/physical activity.
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What is the biological basis underlying the relationship between skeletal muscle contractile activity and tissue declines? The systemic anti-aging benefits of exercise suggest that humoral factors may play a role. Indeed, a potential relationship between the circulating longevity protein, Klotho, and the pathogenesis of sarcopenia was recently suggested by a large, population-based study of aging by Semba et al. (2011). Klotho has been called an “aging suppressor gene” and has been suggested to delay age-related declines in physiological functioning (Kuro-o et al., 1997). The protein product of this gene has been detected in the circulatory system of both animals and humans (Kuro-o et al., 1997; Xiao et al., 2004), although its serum concentration gradually declines with increasing age (Xiao et al., 2004). In two studies, a strong association between plasma Klotho expression and skeletal muscle strength (Semba et al., 2012) and functioning (Crasto et al., 2012) were revealed. As summarized in Table 1, there are many parallels between age-related processes/pathologies that are regulated by Klotho and those regulated by exercise/or physical activity. Given these parallels, we were driven by a curiosity as to whether there may be a cross-talk between skeletal muscle activity and expression of this longevity protein. The purpose of this “Hypothesis and Theory” style manuscript is to present a literature review and preliminary results from our laboratory in support of our novel hypothesis that biochemical events originating within skeletal muscle are important triggers of Klotho expression. Specifically, we hypothesize that skeletal muscle contractile activity modulates circulating Klotho expression and that this regulation may play a role in the well-documented systemic anti-aging effects of exercise. Moreover, we propose that Klotho may participate in the skeletal muscle regenerative cascade and that age-related declines in Klotho levels may contribute to the decreased ability of aged skeletal muscle to heal after injury.

THE REGULATION AND ROLES OF KLOTHO

Klotho is present in both membrane-bound and secreted forms. The secreted form is generated through alternative splicing or through shedding of the extracellular domain of the transmembrane protein by membrane-anchored proteases (Kuro-o et al., 1997), including A disintegrin and metalloproteinase domain–containing protein 10 (ADAM10), ADAM metallopeptidase domain 17 (ADAM17) and Beta-secretase 1 (BACE 1) (Chen et al., 2007). The secreted form of Klotho has been shown to exert biological effects throughout the body, indicating its potential as a humoral factor. The membrane-bound version serves as an obligate co-receptor for fibroblast growth factor-23 (FGF23) signaling (Kurosu et al., 2006), whereas the secreted protein functions independently of FGF23. Since its original discovery in 1997, two homologs of Klotho, α and β, have been identified, with β-Klotho sharing 41% amino acid identity with α-Klotho. Throughout this paper, the term “Klotho” refers to the α-Klotho homolog.

Klotho is most highly expressed in the kidney, brain and pituitary gland, and is present in lower levels within skeletal muscle, the urinary bladder, the ovary and the testes (Kuro-o et al., 1997). Trace amounts of Klotho are also observed in the placenta, aorta, colon, and the thyroid gland (Kuro-o et al., 1997) (See Figure 1, reprinted from Kuro-o et al., 1997). β-Klotho is expressed in adipose tissue, as well as the liver and pancreas (Ito et al., 2000).
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FIGURE 1. Klotho gene expression in multiple tissues. Kuro-o and colleagues quantified Klotho gene expression of multiple tissues using RT–PCR. The kidney, brain and pituitary gland demonstrate the greatest expression, whereas skeletal muscle, ovaries and testes express Klotho to a relatively lesser extent. (Reproduced from Kuro-o et al., 1997).



The intriguing role for Klotho in age-related declines was first identified through the serendipitous discovery of the Klotho knockout mouse (kl mouse). Kl mice display limited membrane-bound and secreted Klotho protein expression as a result of an ectopic DNA insertion into the Klotho gene. This mutation results in lifespans approximately 5–6% that of their wild type counterparts (10–12 weeks and 2.5–3 years, respectively) (Kuro-o et al., 1997). Although the exact cause of death is unknown, within their short lifespan, the decreased longevity of kl mice is consistent with a myriad of aging phenotypes, including decreased activity levels, hypokinesis, gait disturbance, atherosclerosis, cognitive impairment, sarcopenia and an impaired wound repair process. Importantly, genetic up-regulation of Klotho in mice reverses age-related declines in the physiological functioning of various tissues and extends lifespan by 20–30% beyond the normal lifespan of wild type mice (Kurosu et al., 2005).

THE EFFECT OF EXERCISE AND TRAINING ON PLASMA KLOTHO EXPRESSION

There is limited data exploring the relationship between parameters of physical health/fitness and Klotho. Analyses obtained from the Invecchiare in Chianti “Aging in the Chianti Area” (InCHIANTI) study, a population-based longitudinal study, revealed that low plasma levels of Klotho are associated with decreased activities of daily living in older individuals (Crasto et al., 2012). Low plasma Klotho levels have also been associated with a lower score on the Short Physical Performance Battery (a test of lower extremity strength and functioning) (Crasto et al., 2012), as well as poor muscle strength in older, community dwelling adults (Semba et al., 2012). Like poor handgrip strength (Rantanen et al., 1999), low plasma Klotho levels were also shown to be an independent predictor of all-cause mortality (Semba et al., 2011). While reports failed to observe any direct relationship between “physical activity” and circulating Klotho levels, in these studies, physical activity was a self-reported measure of behavior [ranked on a progression scale from 0 (inactive) to 7 (intense exercise several times/week)] and may not necessarily be indicative of physical fitness levels, per se.

Clinical correlations between Klotho expression and skeletal muscle strength are consistent with a pre-clinical study where grip strength and running endurance were compared among kl mice, Klotho overexpressing mice (EFmKL46) and wild-type (WT) control mice (Phelps et al., 2013). Kl mice were significantly weaker, and displayed strength of ~50% less than both EFmKL46 and WT-controls (there was no difference between EFmKL46 and WT-controls). Interestingly, kl mice ran on a running wheel at the same speed as the other two groups, but they demonstrated an endurance capacity ~60% less than that of EFmKL46 and WT-controls.

As a first step to probe the relationship between physical activity, age and Klotho expression, we quantified the effect of an acute exercise bout on circulating Klotho levels in both young (3–4 months) and aged (22–24 months) C57Bl6/J mice. The acute exercise consisted of 45-min of treadmill running at a 0° incline, performed at approximately 70% maximal aerobic capacity (VO2max) (Schefer and Talan, 1996). Immediately after exercise, we observed a significant increase in circulating Klotho levels in both young and aged mice, although the response was blunted in aged animals when compared to young counterparts (Figure 2, unpublished results).
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FIGURE 2. Plasma Klotho levels following an acute bout of exercise in young and old mice. Young (3–4 months old, n = 4) and aged (22–24 months old, n = 4) wild-type mice performed a single session of 45-min, 0° incline treadmill running. In both groups of animals, plasma Klotho levels increased significantly following an exercise bout. *denotes significantly different from pre-training values (within age group).



Intrigued by the dramatic upregulation of Klotho in response to a single acute exercise bout, we next investigated whether similar responses could be observed in a human population. We utilized a convenience sample of banked serum from “young” (age 36.0 ± 7.0 SD years; n = 12 females) and “older” (age 68.3 ± 3.0 SD years; n = 7 females) sedentary (exercised ≤1×/week) individuals to evaluate the change in circulating Klotho levels before and after completion of an acute exercise bout. In addition, we investigated whether completion of an exercise training protocol may affect the Klotho response to an acute exercise bout. Young women were mildly obese (BMI 30–38 kg/m2); older women varied between a BMI of 22–34 kg/m2. Exclusionary criteria included diagnosis of type 2 diabetes, coronary heart disease, peripheral vascular disease, or clinically significant hyperlipidemia. Individuals with treated or untreated hypertension were also excluded. The protocol was approved by the University of Pittsburgh Institutional Review Board, and written informed consent was obtained from each subject prior to participation.

The acute exercise bout for the young group consisted of one hour of treadmill walking at 55% VO2max, as determined using a standard incremental protocol (Swain and American College of Sports Medicine, 2014). Subjects were given a standard meal consisting of 10 kcal/kg of 50% carbohydrate- 30% fat-20% protein and then fasted overnight until the completion of the exercise bout (~10:00 am). Additionally, they were instructed to avoid strenuous physical activity for two days before the test. The young group then completed a 16-week progressive exercise training protocol consisting of four to six exercise sessions weekly, which primarily included cycling on a stationary bicycle, rowing or walking/jogging. At least one exercise session per week was supervised for each participant to assure that the target exercise intensity and duration was achieved. Following the 16-week training protocol, the young group completed the acute exercise bout again. The study protocol for the “older” group was essentially the same with the exception that the acute exercise bout was conducted on a cycle ergometer at 45% of VO2max and the exercise training protocol was for 12 weeks, and not 16 weeks as was performed for the young group. The fact that serum was collected from a banked convenience sample precluded matching training protocols exactly across age groups. For both young and older groups, blood was drawn a total of 4 times: before and after acute exercise both at baseline (ie. pre-training) and again post-training. Circulating Klotho levels were measured using a human soluble α-Klotho enzyme-linked immunosorbent assay Kit (Immuno-Biological Laboratories Co., Ltd., Takasaki, Japan).

Prior to training, we observed no significant changes in the circulating levels of Klotho in response to an acute exercise bout [average change in circulating Klotho (pg/ml) pre-to-post acute exercise in young: −1.9% ± 9.53 SE and older: 7.06% ± 2.68 SE; Figure 3, unpublished results]. However, completion of a 16-week training program resulted in a significant increase in circulating Klotho levels in response to an acute exercise bout in young individuals [change in circulating Klotho (pg/ml): 30.08 ± 11.94%; p < 0.05, Figure 3]. Following training, older individuals also demonstrated an increase in circulating Klotho in response to acute exercise, although the effect of training was attenuated when compared to young counterparts [change in circulating Klotho (pg/ml): 15.25% ± 6.56 SE; p = 0.07 Figure 3, unpublished results].
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FIGURE 3. Plasma Klotho levels following an acute bout of exercise in young and older individuals. The change in plasma Klotho levels are depicted at baseline and immediately following an acute exercise bout (pre- and post-training). There was no change in circulating Klotho levels pre-training. However, post-training, there was a significant increase in circulating Klotho levels in the young (age 25–45 years) cohort after an acute bout of exercise. This response was blunted in the older cohort (age 65–74). *denotes significantly different than pre-training values (within age group).



Taken together, these findings in murine and human models suggest that exercise is a potent stimulus to increase plasma Klotho levels, but that the response may be dependent on physical fitness level as well as age. While this response to an acute exercise bout and training appears, from the current results, to be attenuated in older individuals, it should be noted that the training protocol for the aged individuals was slightly less intense and of a shorter duration than that of the young individuals. These differences in training intensity may confound the age-related differences in the response of Klotho to acute exercise and further clinical studies are warranted. However, in our murine studies, where the exercise intensity was matched across age groups, a similar age-related decline in the Klotho response following an acute exercise bout was also observed. Another intriguing observation came from the fact that individuals included in the pilot clinical study were overweight-obese. Interestingly, when the young participants were stratified according to BMI (<30 or >30 kg/m2) individuals with a lower BMI demonstrated significantly higher circulating Klotho levels after acute exercise (Average change = 10 ± 2.7% SE; p < 0.05), whereas those individuals in the higher BMI group demonstrated no change in circulating Klotho levels following acute exercise at baseline (−3.2% ± 7.5 SE; p = 0.40). However, following completion of a training program, individuals in the higher BMI group trended toward a significant increase in Klotho levels following an acute exercise bout (~30% increase; p = 0.06). These findings further support the hypothesis that the effect of an acute exercise bout on Klotho expression may be dependent on fitness levels. Future studies should investigate the effect of exercise intensity or duration on circulating Klotho levels.

Our findings in humans and mice that demonstrate an up-regulation of Klotho expression in response to acute activity demands are consistent with previous reports suggesting that Klotho plays an important role in energy metabolism. Recent studies have focused on the relationship between Klotho and peroxisome proliferator-activated receptor (PPAR) family members, which have been shown to act as lipid sensors to regulate energy metabolism. Specifically, PPAR-ϒ induces expression of the β-Klotho homolog (Zhang et al., 2008) and, conversely, β-Klotho upregulates PPAR-ϒ synthesis (Chihara et al., 2006), implicating the Klotho family of proteins as playing a role in lipid metabolism. Within the context of lipid oxidation, elderly individuals oxidize less fat during exercise when compared to young counterparts (Sial et al., 1996). However, training may be effective in reversing the age-related alterations in exercise response, and it is well established that, in both young and aged individuals, intramuscular fat oxidation during exercise is increased dramatically after training, an effect primarily attributed to an increased muscle respiratory capacity (Coggan et al., 1992; Proctor et al., 1995). One explanation for this benefit may come from the fact that training results in increased mitochondrial content, which thereby increases muscle respiratory capacity and promotes the utilization of fat over that of carbohydrate. Although excessive lipid accumulation is clearly detrimental to organismal health, maintenance of an adequate amount of lipid is clearly critical for maintaining physiological energy balance (Razzaque, 2012), and it is possible that the role of Klotho in maintaining this balance is mediated, at least in part, by skeletal muscle contractile activity. It would be interesting to investigate whether exercise-induced increases in Klotho may be a response to increased intramuscular fat oxidation as a feedback mechanism to maintain tissue lipid supplies under conditions of increased utilization. However, it should be noted that the role of Klotho in lipid metabolism has been linked to the β-Klotho homolog (reviewed in Kurosu and Kuro, 2009), whereas we specifically measured circulating α-Klotho levels in the current pilot studies. Further studies are needed to investigate how our observed exercise-induced changes in α-Klotho may be concomitant with alterations in β-Klotho. Alternatively, it is possible that increased skeletal muscle contractile activity induces a shift in calcium metabolism through Klotho-mediated FGF signaling, and that alterations in lipid metabolism may be a secondary effect of altered calcium homeostasis and mitochondrial biogenesis after exercise. Although further studies are needed to confirm the similarities between murine and clinical responses, the parallels observed in these preliminary studies suggest that pre-clinical investigations may serve as a good model for future mechanistic studies designed to interrogate the effect of physical fitness and skeletal muscle activity on the modulation of this potent longevity protein.

REGULATION OF KLOTHO IN RESPONSE TO SKELETAL MUSCLE INJURY

In addition to sarcopenia, increasing age typically results in a decreased overall skeletal muscle regeneration in response to damage (Jarvinen et al., 1983; Carlson and Faulkner, 1989; Brooks and Faulkner, 1990). Following injury, aged skeletal muscle demonstrates a shift from functional myofiber repair, as is typically seen in young individuals, to a “quick-fix” default toward fibrosis formation (Brack et al., 2007). This impaired response initiates a devastating cascade of muscle atrophy and weakness (Carlson and Faulkner, 1989), increased susceptibility to recurrent muscle injury (Croisier, 2004), and a prolonged recovery (McBride et al., 1995).

In young, healthy skeletal muscle, MuSCs are readily activated from a quiescent state in order to repair damaged myofibers (Mauro, 1961). While MuSC activation in young skeletal muscle often restores the original architecture and function of the damaged fibers, there is an age-related decrease in MuSC responses, as evidenced by MuSC differentiation toward a fibrogenic lineage (Brack et al., 2007), increased apoptosis (Ryall et al., 2008) and a decreased proliferation (Conboy et al., 2003). Declines in the activation of myogenic molecular pathways, including phosphatidylinositol 3-kinase (PI3K/Akt) signaling pathway, which directs cellular apoptosis, as well as Notch signaling, indispensable for MuSC proliferation immediately following injury (Conboy et al., 2003), have been implicated as culprits in age-related MuSC dysfunction. The mitogen activated protein kinase (MAPK) pathway, a positive regulator of Notch, is similarly age-responsive (Carlson et al., 2009a). Finally, it appears that decreased signaling for myogenesis is concomitant with increased activation of fibrogenic pathways owing to an age-related increased activation of the canonical Wnt signaling pathway, which contributes to a myogenic-to-fibrogenic conversion of MuSCs (Brack et al., 2007).

Fortunately, age-related changes in skeletal muscle regenerative potential are reversible, and several murine experiments have shown that rejuvenation of the systemic skeletal muscle microenvironment largely restores healing potential in aged mice (Carlson and Faulkner, 1989; Conboy et al., 2005; Brack et al., 2007). In vivo, heterochronic muscle transplantation experiments (Carlson and Faulkner, 1989) and parabiotic pairings, in which young and aged animals are surgically joined such that they share a common blood circulation, significantly enhances myofiber regeneration and decreases fibrosis formation of aged muscle following injury (Conboy et al., 2005; Brack et al., 2008). This enhanced tissue healing is concomitant with an inhibition of the Wnt signaling pathway and a decreased fibrogenic conversion of aged MuSCs (Brack et al., 2007). Importantly, it has been shown that the improved muscle healing of aged parabiotic partners is not the result of a physical contribution of the young cells within the circulation (Conboy et al., 2005). Taken together, these studies suggest that systemic niche factors play a critical role in dictating skeletal muscle regenerative potential, perhaps even more so than the intrinsic characteristics of the stem cells themselves. It has been hypothesized that the introduction of youthful factors into the circulation of aged partners inhibits, or functionally neutralizes, deleterious factors typically found in old animals (Carlson et al., 2009b).

There is precedence to suggest a relationship between Klotho expression and tissue regenerative capacity. In the skin, stomach, small intestine and kidney, the impaired tissue regenerative response of kl mice has been associated with a decreased stem cell frequency (Liu et al., 2007; Izbeki et al., 2010) and proliferation (Liu et al., 2007), impaired angiogenesis (Fukino et al., 2002), and decreased cellular resistance to stress (Yamamoto et al., 2005; Izbeki et al., 2010). In addition, the subcutaneous transplantation of bone marrow mesenchymal stem cells results in an attenuation of age-related degenerative processes and a concomitant lifespan extension of recipient mice, effects that were associated with an increased Klotho expression (Yamaza et al., 2009). Liu et al demonstrated that Klotho enhances stem cell regenerative potential and promotes tissue-healing through an inhibition of Wnt signaling activation (Liu et al., 2007). These latter findings were confirmed in recent studies demonstrating that, within the kidney, Klotho is able to directly bind to Wnt ligands extracellularly (Zhou et al., 2013). In the case of renal fibrosis, decreased Klotho expression was associated with an increased Wnt signaling activation and subsequent activation of fibrogenic signaling pathways (Zhou et al., 2013). Whether age-related declines in Klotho expression may contribute to the increased skeletal muscle Wnt signaling in aged animals, and thereby increased fibrosis deposition after injury, has not, to the best of our knowledge, been previously investigated.

Another potential mechanism by which Klotho may play be implicated as a potential regulator of skeletal muscle regeneration is through inhibition of Transforming Growth Factor-beta1 (TGF-β1) signaling. TGF-β1 is regarded as “master switch” for promoting mesenchymal transition toward a fibroblastic lineage in several tissues, including the kidney and lung (Willis and Borok, 2007; Doi et al., 2011). TGF-β1 ligands may be transported through the blood and bind to their specific receptors to initiate TGF-β-pSMAD signaling. With aging, circulating TGF-β1 expression in both mice and humans is increased, as is expression of the TGF-β1 receptors (Carlson et al., 2009b). It has been suggested that this may play a role in the increased fibrosis formation after injury of aged skeletal muscle (Li et al., 2004; Carlson et al., 2009b). Of note, physiological levels of TGF-β1 in young mice were predicted, based on in vitro investigations, to be inhibitory of MuSC myogenesis, suggesting that young sera may contain either a natural decoy of TGF-β1or a competitor to TGF-β1 signaling that inhibits the fibrotic cascade, and that the level of this decoy is decreased with increased age (Carlson et al., 2009b). Could Klotho act as such a decoy?

In a recent study by Doi et al., it was shown in the kidney that Klotho is indeed capable of interfering with TGF-β1signaling, but not TGF-β1 expression, in order to decrease myofibroblast infiltration and decrease fibrosis formation (Doi et al., 2011). Specifically, Klotho was shown to bind to the TGF-β1 receptor to inhibit TGF-β1 binding. Whereas Klotho depletion resulted in increased renal fibrosis, Klotho replacement therapy significantly alleviated the pathology, suggesting that decreased Klotho levels may contribute to the pathogenesis of renal fibrosis (Doi et al., 2011). Accordingly, systemic administration of a TGF-β1 receptor 1 (R1) kinase inhibitor effectively enhanced myofiber regeneration after injury, whereas application of a TGF-β1 neutralizing antibody had no effect (Carlson et al., 2009b). These findings support the above stated hypothesis that a natural decoy of TGF-β1 signaling may minimize activation of fibrogenic pathways in young animals following skeletal muscle injury, but that this suppression is lost in aged animals. Given the interactions between Klotho expression and TGF-β1 signaling, it is possible that age-related declines in circulating Klotho may result in a decreased opposition of TGF-β1 signaling, ultimately promoting fibrosis formation and impairing myofiber regeneration after injury. Moreover, it has been suggested in the kidney that Klotho effectively inhibits TGF-β1 activation of β-catenin, a downstream target of Wnt signaling, in tubular epithelial cells (Zhou et al., 2013). Future studies should explore the ability of Klotho to modulate Wnt signaling, potentially via inhibition of TGF-β1, in aged skeletal muscle models.

Our preliminary studies support a potential contribution of Klotho to the skeletal muscle regenerative response. Two weeks following administration of an acute muscle injury to the tibialis anterior muscle of young wild type mice, we observed a dramatic increase in local Klotho expression (Figure 4, unpublished results). Importantly, Klotho was only expressed in the regions of cellular infiltrate and nascent myotubes, and not in the more mature regenerating myofibers (Figure 4). An important question is whether aged muscle displays an impaired Klotho response to injury as compared to young counterparts, and whether this decline contributes to the decreased regenerative capacity characterizing aged skeletal muscle. Future investigations should perform quantitative analysis of the response of Klotho to an acute injury event.
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FIGURE 4. Acute injury increases local Klotho expression within skeletal muscle. Young (3–4 months old) wild type animals were exposed to a cardiotoxin injury to the tibialis anterior muscle. Two weeks after injury, TAs were harvested, cryosectioned and incubated with anti-Klotho (red), anti-Dystrophin (green) and nuclear (blue) antibodies (left image; 20× magnification). Corresponding high magnification image (right image; 100× magnification). Note that Klotho is undetectable in areas of more mature, regenerating myofibers. In contrast, strong expression of Klotho is observed in the area of cellular infiltrate.



CONCLUSIONS

History is replete with evidence demonstrating man's quest for a universal panacea to reverse the effects of aging in order to maintain and/or restore youthfulness. While a single “fountain of youth” remedy that counteracts all of the effects of time on organismal functioning is unlikely, an improved mechanistic understanding of tissue responses to the aging process and modifiable factors that may promote rejuvenation of these responses is desirable. Among such modifiable factors, physical activity has long been acknowledged for its anti-aging effects and the impact of skeletal muscle health on physical functioning and longevity is undeniable.

Indeed, systemic influences of skeletal muscle have been a growing topic of investigation and increased attention has been paid in recent years to the capacity of skeletal muscle to function as an endocrine organ capable of communicating with and dictating the behavior of distant organs. Modulation of Klotho expression through skeletal muscle contraction represents an intriguing relationship that may help explain the anti-aging effects of physical activity, and, as highlighted in this review, there is emerging evidence to suggest that such a relationship exists. Still unknown is whether skeletal muscle contractile activity itself results in the local production and secretion of Klotho into the bloodstream, or whether some myokine (a cytokine of skeletal muscle origin) is responsible for inducing Klotho expression in the kidney or brain, for example. This would be an interesting topic for future investigations. An improved mechanistic understanding of the potential role of skeletal muscle as a regulator of Klotho expression is important, as it may lead to the development of targeted and specific rehabilitation programs designed to counteract the effect of aging on organismal health.
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It has become increasingly clear that caspases, far from being merely cell death effectors, have a much wider range of functions within the cell. These functions are as diverse as signal transduction and cytoskeletal remodeling, and caspases are now known to have an essential role in cell proliferation, migration, and differentiation. There is also evidence that apoptotic cells themselves can direct the behavior of nearby cells through the caspase-dependent secretion of paracrine signaling factors. In some processes, including the differentiation of skeletal muscle myoblasts, both caspase activation in differentiating cells as well as signaling from apoptotic cells has been reported. Here, we review the non-apoptotic outcomes of caspase activity in a range of different model systems and attempt to integrate this knowledge.
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INTRODUCTION

Caspases are intracellular cysteine proteases that cut after specific aspartic acid residues. In mammals, 18 caspases have been characterized (Table 1), the majority of them playing roles in mediating apoptotic cell-demolition (Cohen, 1997). During apoptosis, these “killer caspases” cleave numerous cellular proteins, and they are the primary effectors responsible for taking apart the cell during apoptosis, playing a major proteolytic role in the disassembly of the nucleus and the cytoskeletal structure (Lüthi and Martin, 2007).

Table 1. Roles of caspases.
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Caspases are present in all cells as inactive zymogens, called procaspases. They are activated through cleavage to generate the subunits that form an active caspase (Pop and Salvesen, 2009). At the apex of the activation cascade are the so-called initiator caspases (Table 1). Upon exposure to an apoptotic stimulus they become recruited to specific adaptor proteins which then assemble into activation platforms, which are large multimeric protein complexes mediating activation of the initiator caspases (reviewed in Mace and Riedl, 2010). Initiators activate downstream effectors which rapidly disassemble the cell. The ability of these caspases to kill cells is controlled, in part, by the inhibitor of apoptosis proteins (IAPs) which bind to active caspases and either inhibit proteolytic activity or induce ubiquitin-mediated caspase degradation (Mace et al., 2010).

Different activation platforms classify the main apoptotic pathways. The extrinsic pathway is initiated at the cell membrane by ligands of receptors of the tumor necrosis factor (TNF) receptor family. Ligand-binding leads to assembly of the death-inducing signaling complex (DISC) containing these receptors. Caspase-8 and -10 are recruited to the DISC and then activated, in a process that requires the adaptor protein FADD. The intrinsic pathway is initiated by mitochondria, whose outer membranes become permeable to cytochrome c upon certain cellular stresses. Released cytochrome c then binds to the adaptor protein APAF-1 which subsequently assembles into a large heptameric protein complex, the so-called apoptosome, which is the activation platform for caspase-9. The release of cytochrome c is controlled by proteins of the Bcl-2 family (Tait and Green, 2010). Concomitant with release of cytochrome c, other small proteins may be released, some of which block IAPs allowing for unrestrained caspase activation.

The majority of studies of caspases have focused on their roles as cell killers. There were some notable exceptions describing caspase-dependent cellular differentiation processes that involve denucleation or other degenerative events (Fernando and Megeney, 2007), but these appear to represent a limited or frustrated apoptosis, rather than a fundamentally different process. More recently, the study of apoptotic caspases has broadened to include caspase-dependent paracrine signaling from apoptotic cells to explain how apoptotic cells alter the behavior of surrounding cells (Li et al., 2010a).

However, it has also emerged that apoptosis-associated caspases play non-apoptotic roles and that they are not simply destructive. Examples of these are cell differentiation (Fernando and Kelly, 2002), embryonic development (Miura, 2012; Suzanne and Steller, 2013), motility (Barbero et al., 2009), and compensatory proliferation (Fan and Bergmann, 2008). Within these processes, the “killer” caspases clearly do not cause cell demolition. This gives caspases an entirely new role in determining the fate or behavior of cells. Thus, caspases drive in a far wider range of cellular behaviors than previously known.

There are several theories to explain how apoptotic caspases can lead to non-apoptotic outcomes (Figure 1). In one mechanism, the “cell-autonomous” or “direct” model, caspase activity leads to altered cell behavior through the modulation of regulatory networks, such as through cleavage of cell cycle repressors to alter cell proliferation (Schwerk and Schulze-Osthoff, 2003; Woo et al., 2003), activation of gene transcription to induce skeletal muscle differentiation (Larsen and Megeney, 2010) or cleavage of cytoskeletal proteins to influence cell motility (Helfer et al., 2006). In these cases the caspase activity is “autonomous” in that the entire process of caspase activation, cleavage of substrates, and downstream effects on cell behavior all occur within the same cell.
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FIGURE 1. Cell-autonomous vs. non-cell-autonomous models of caspase signaling. (A) Cell-autonomous model. In the proliferating cell, a non-apoptotic caspase signaling pathway leads to a change in cell behavior through modulation of gene expression, cytoskeletal restructuring, or other means. This signaling is endogenous to the proliferating cell itself, and no apoptotic cell signaling is involved. (B) Non-cell-autonomous model. In this model, caspase activity within apoptotic cells lead to the generation of signaling factors which stimulate the cell behavior change of nearby cells in a paracrine fashion.



In this cell autonomous model, it is as yet unclear how apoptotic caspase activity is harnessed for non-apoptotic purposes without killing the cell, although work in Drosophila melanogaster has begun to unravel this problem. For example, a recent report of caspase activation in Drosophila proposes a model in which both the magnitude and rate of caspase activation is controlled, which can give rise to high (apoptotic) levels of caspase activity as well as low (non-apoptotic) levels of activity (Florentin and Arama, 2012). It is also possible that, unlike the traditional model where executioner caspases are only activated upon receipt of a cell stress signal, there is a constant basal level of activated caspases within the cell, but these are normally held in check by inhibitory mechanisms. Such basal levels of caspase activity have been found in the context of cell behavior changes in glioblastoma cells, where low levels of constitutively-active caspase-8 and -3 are found to be necessary for cell migration and invasion (Gdynia et al., 2007). Along with this, relatively high levels of caspases activity may be tolerated if they can be sequestered within their target organelle or sub-cellular region, as is observed in the dendritic pruning of neurons (Williams et al., 2006), in spermatid individualization in Drosophila (Arama et al., 2007; Kaplan et al., 2010), and in the nuclear degradation of keratinocytes (Weil et al., 1999).

In the “non-autonomous” or “indirect” model to explain the role of caspases in non-apoptotic processes, the caspase activity is localized within apoptotic cells, catalyzing the generation of secretory paracrine signaling factors or enabling cell surface-mediated signaling (Hochreiter-Hufford et al., 2013). This model is indirect in that the caspase activity is associated with one cell, while the downstream effect is induced in another cell by an inter-cellular signaling event. In this model the caspase-mediated non-apoptotic effects do not necessarily require the survival of the “caspase-active” cell, as apoptotic cells are still quite capable of signaling to their environment (Jäger and Fearnhead, 2012).

Here, we review the major non-apoptotic roles of caspases discovered to date, and discuss these findings in light of the direct and indirect theories of caspase signaling, with a particular focus on skeletal muscle. This is a rapidly advancing field of study, and a summation of the current state of the field is necessary.

TISSUE REPAIR AND REGENERATION

Caspases are key players in the homeostatic balance between apoptosis and regeneration used to maintain tissue structure and function. In response to injury, dead cells engage in a signaling behavior which drives the proliferation of cells at the periphery of the site of injury until damaged portion of tissue is replaced with a new section of the same size and shape (Figure 2) (Bergmann and Steller, 2010). The role of caspases in repair and regeneration has been demonstrated in several different experimental models.
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FIGURE 2. Model of compensatory proliferation. Caspase activity within apoptotic cells leads to the activation of the prostaglandin E2-synthesis pathway. Secreted prostaglandin E2 binds to E2 receptors on proliferation-competent cells, leading to changes in gene expression which trigger proliferation. Abbreviations: iPLA2, Phospholipase A2; COX-2, Cyclooxygenase-2; PGEs, Prostaglandin E synthase; PGE2, Prostaglandin E2.



In the simple metazoan Hydra, surgical-induced injury produces an apoptotic response which stimulates a compensatory proliferative mechanism in surrounding progenitor cells. Treatment with pan-caspase inhibitors abolishes this regenerative response (Cikala et al., 1999; Chera et al., 2009). Regeneration in the amphibian Xenopus requires caspase-mediated events (Tseng et al., 2007), as does tissue regeneration in planaria (Fuchs and Steller, 2011), and the regeneration of newt forelimbs (Vlaskalin et al., 2004).

Regeneration of mammalian tissue is never so dramatic but some tissues, like the liver, can undergo remarkable regeneration after injury (Taub, 2004). Liver regeneration and the healing of skin wounds is impaired in caspase-3 and -7 deficient mice, showing that the role of caspases in regenerative processes is conserved in mammals (Li et al., 2010a).

Paracrine molecules secreted by the apoptotic cells appear to be important in caspase-dependent regeneration. Prostaglandin E2 is one such a molecule, as its production pathway is directly controlled by caspase-3 (Boland et al., 2013), and has a wide number of roles in regeneration and proliferation (Castellone et al., 2005; Goessling et al., 2009; Morata et al., 2011; Beaulieu et al., 2012; Boland et al., 2013). This effect is exerted through transient activation of the Wnt-β-catenin pathway via binding to members of the EP receptor family (Goessling et al., 2009).

Lysophosphatidylcholine (LPC) is another molecule which mediates caspase-activity-induced regenerative responses. It is produced by apoptotic cells, and its presence in the interstitial medium acts as an attraction signal to phagocytes (Lauber et al., 2003). Moreover, LPC induces the differentiation of keratinocytes, which is a necessary step in the wound healing response in skin (Ryborg et al., 2004).

Sphingosine-1-phosphate is another molecule that is secreted by apoptotic cells and is a chemoattractant signal for immune cells (Brecht et al., 2011). It is produced by the enzyme ceramidase, and is a signal that drives growth arrest and differentiation, as well as cell migration and adhesion (Mao and Obeid, 2008), all of which are involved in wound-healing responses.

Fractalkine (CX3CL1) is a large peptide that engages in pro-survival functions in many cell types (White and Greaves, 2012) and is released from apoptotic cells in a caspase-dependant process (Truman et al., 2008). Fractalkine is normally associated with immune cell chemotaxis (Chazaud et al., 2003), but it is also known that soluble fractalkine promotes both migration of endothelial cells and differentiation of osteoblasts (Koizumi et al., 2009). This makes it another potential paracrine signaling factor released by apoptotic cells to modulate tissue regeneration.

From the examples described, it is seen that caspase activity in a dying cell can indirectly induce compensatory proliferation of neighboring cells as part of the regenerative response to injury. Thus, regenerative processes conform to the indirect, apoptotic cell-driven model of caspase function in non-apoptotic processes. However, caspases can also regulate cell proliferation in a cell-autonomous manner through the cleavage of cell cycle regulators.

LYMPHOCYTE PROLIFERATION

There are hundreds of confirmed caspase substrates (Lüthi and Martin, 2007; Johnson and Kornbluth, 2008), although the functional significance of cleavage is often uncertain. Among this large group there are several key cell cycle regulators (Hashimoto et al., 2011) and a series of studies have implicated both initiator and effector caspases in the control of the cell cycle of lymphocytes. Because of this, abnormal caspase activity can lead to either depressed or hyperactive cell proliferation.

Through the DISC adaptor protein FADD, caspases-8 and -10 play a role in cell proliferation (Imtiyaz et al., 2009). Peripheral T-cells from FADD deficient mice show a profound impairment of proliferation once they are activated by mitogens or antigens, leading to a reduced number of mature T-cells (Zhang et al., 1998). This inhibition of proliferation results from a failure to enter the cell cycle at the beginning of S-phase due to abnormal expression of cyclin-dependent kinases (Zhang et al., 2001). Pharmacological inhibition of caspases prevents T-cell proliferation in vitro supporting the idea that caspase activity is required for proliferation (Kennedy et al., 1999). The cell cycle role for caspases may not be limited to T-cells as impaired T-cell, B-cell, and NK-cell proliferation is seen in immune-deficient humans with caspase-8 defects (Chun et al., 2002).

As well as caspases-8 and -10, caspase-3 has also been found to play a role in regulating cell proliferation. Proliferative brain cells were found to contain active caspase-3, localized in the nucleus (Oomman et al., 2005). In lymphoid cells, caspase-3 supports the proliferation through cleavage of the CDK inhibitor p27 (Frost et al., 2001). In these examples, caspase-mediated stimulation of proliferation appears to be a cell-autonomous event. On the other hand, proliferating cells utilize caspases in a non-apoptotic capacity to downregulate cell cycle inhibitors which normally keep the cell in a quiescent state (Zhang et al., 2001; Woo et al., 2003; Lamkanfi et al., 2007). For example, caspase-3 can exert a strongly anti-proliferative effect in B-cells through cleavage of p21 and caspase-3 knockout mice show a hyperproliferative phenotype in their B-cells (Woo et al., 2003). Thus, killer caspases seem to be able to exert both positive and negative regulation of cell proliferation through selective cleavage of cell cycle regulators without necessarily inducing apoptosis.

Caspase-1, which is involved in toxin-sensing (Li et al., 1995; Franchi et al., 2009), and caspase-11, involved in the production of inflammatory factors (Kayagaki et al., 2011) have long been associated with inflammation and immunity and are not central to cell death processes. However, it has more recently been discovered that apoptotic caspases also have roles in immunity. This can be through their role in the differentiation programs of immune cells, such as with caspase-8 paralog Dredd (Leulier et al., 2000), or through the modulation of the immune response itself, such as with caspase-12 (Saleh et al., 2004) and caspase-3 paralog ced-3 (Aballay and Ausubel, 2001). Such modulation may occur through the generation of inflammatory and anti-inflammatory factors (Kuranaga and Miura, 2007) or through their role in the apoptosis of infected cells.

DIFFERENTIATION

Caspases engage in irreversible signal transduction (Kuranaga, 2012). Such irreversible signaling mechanisms are suitable for guiding cell fate choices, such as differentiation. Indeed, such caspase signaling has been found to play important roles in the terminal differentiation programs of several cell types, both in early development, and in tissue regeneration.

The first cell types in which caspases were found to have a direct role in differentiation had one feature in common: their differentiation programs bore a strong resemblance to apoptosis. For example, during terminal differentiation of the lens fiber cells degenerative processes including organelle degradation, chromatin condensation, and DNA fragmentation all occur, and are mediated by the activity of caspases (Ishizaki et al., 1998). The time required for this apoptosis-like process is much longer than that required for caspase-driven cell death, suggesting a more controlled and meticulous version of the same general procedure. Soon after this, erythrocytes and keratinocytes were also found to utilize caspase activity in their terminal differentiation programs (Eckhart et al., 2000; Zermati et al., 2001).

Subsequently, it was found that caspases also play roles in differentiation programs that bore no major similarity to apoptosis. An example of this is the differentiation of peripheral blood monocytes into macrophages, which requires the activation of the caspases-3, -8, and -9 for differentiation (Sordet et al., 2002). Deletion of caspase-3 limits the cytokine-induced differentiation of hematopoietic stem cells (Janzen et al., 2008) and the differentiation ability of iPSCs is enhanced by transient induction of caspase activity (Li et al., 2010b). Several other caspase-dependent cell differentiation programs have been discovered, including those of skeletal myoblasts, osteoblasts, spermatids, placental trophoblast, and embryonic and neural stem cells (Table 2).

Table 2. Caspase involvement in the differentiation programs of several cell types.
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A well-studied example of caspase-stimulated in vitro differentiation is that of mouse muscle myoblasts into multinucleated myotubes (Fernando and Kelly, 2002; Murray et al., 2008; Larsen et al., 2010). In this model capase-3-mediates activation in differentiating mouse myoblasts of a specific DNase called CAD (Larsen et al., 2010). Normally CAD (DFF40 in humans) is bound to a chaperone called ICAD (DFF45) that inhibits the nuclease activity of CAD. Caspase-3 mediated cleavage of ICAD releases CAD, allowing it to cleave DNA. This is a key step in the generation of oligonucleosomal DNA fragments seen in apoptosis. Perhaps surprisingly, activation of CAD occurs in differentiating myoblasts and RNAi directed against CAD causes profound inhibition of myoblast differentiation. Larsen et al. propose that CAD-dependent activation of p21 expression is the key event explaining this defect as p21 expression is an early and necessary event in myoblast differentiation (Larsen et al., 2010). In other words, it is proposed that caspase-3 drives non-apoptotic outcomes by inducing expression of specific genes. In addition, Fernando et al. showed that microinjection of active caspase-3 induced expression of muscle specific genes (Fernando and Kelly, 2002). These two reports support the idea that caspase activity is present in the differentiating myoblast (the direct/autonomous model). Caspase-3 activation during differentiation requires caspase-9 and is blocked by overexpression of Bcl-XL (Murray et al., 2008), which implicates the intrinsic or mitochondrial apoptotic pathway, although the role of cytochrome c release or Apaf-1 in this differentiation has not been conclusively demonstrated.

Although this seems like strong evidence for cell-autonomous model of caspase action, there are also data to support non-autonoumous roles for caspase activity in muscle differentiation. It has been found that myoblast fusion is driven by apoptotic cells through a phosphatidylserine-mediated activation of the BAI1 receptor. During apoptosis, caspase-dependent presentation of phosphatidylserine (PS) on the surface of dying cells is an important “eat me” signal for phagocytes and so plays a central role in the clearance of apoptotic bodies. Adding apoptotic cells to cultures where caspase activity has been abolished with pharmacological inhibitors restores myoblast fusion, and adding annexin V, a PS-binding protein, blocks myoblast fusion (Hochreiter-Hufford et al., 2013). This finding thus supports the non-cell-autonomous model, in that fusion is driven by caspase-mediated presentation of cell-surface signaling factors on apoptotic cells. It may be that both cell autonomous and non-autonomous roles for caspases are important in myoblast differentiation.

A question that arises with the cell-autonomous model of caspase activity; how is this activity prevented from progressing to apoptosis? The convention is that activation of apoptotic caspases is an irreversible threshold event, leading to a runaway process of proteolytic cleavage, culminating in apoptotic cell death. If caspases truly are activated within differentiating cells themselves, there must be some mechanism for restraining, sequestering, or otherwise preventing this activity from killing the cell. Members of the IAP family are important caspase regulators (Mace et al., 2010), but there is so far little evidence that any of these proteins regulates caspase activity during muscle differentiation. Kaplan et al. showed that in spermatids there is a gradient of the giant IAP protein, dBRUCE, that establishes a gradient of caspase activity during the process of spermatid individualization in Drosophila (Kaplan et al., 2010). There is also other evidence for caspase localization being important during differentiation (Table 3). Interestingly, myogenin expressing satellite cells from young donors display active caspase-3 only at the nucleus, whereas myogenin expressing satellite cells from aged donors contain active caspase-3 both at the nucleus and at the cytoplasm. The satellite cells from aged donors also show a higher level of apoptotic cell death and together these data suggest a model in which the failure to properly localize active caspase-3 leads to satellite cell death and impaired muscle regeneration as we age (Fulle et al., 2013).

Table 3. Compartmentalization of caspases has been found to be used in the differentiation programs of several cell types.
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Moving to in vivo models of muscle differentiation, the role of caspases in regeneration becomes less clear. In caspase-9 (Hakem et al., 1998; Kuida et al., 1998) and caspase-3 (Kuida et al., 1996) knock-out mice embryonic myogenesis appears normal so the role of caspase-9 and caspase-3 in muscle differentiation in vivo at first appears unlikely. However, besides prenatal myogenesis, there is a distinct postnatal muscle development process as well as repair and regeneration processes in adult muscle that have not been evaluated in the caspase knock-out mice. Defects in these processes underlie a range of muscular dystrophies and age-related sarcopenia. In some instances, defects that have profound effects on muscle regeneration do not affect embryonic muscle development. For example, mice lacking caveolin-3 or expressing a Pro104Leu mutation in caveolin-3 (a model for human Limb Girdle Muscular Dystrophy 1C) show normal muscle development but muscle degeneration after 8 weeks of age (Hagiwara et al., 2000; Sunada et al., 2001). It is therefore possible that caspase-driven processes are important primarily in regeneration of adult muscle rather than muscle development but defects have not been observed in caspase deficient mice because of the perinatal lethality associated with these knock outs.

Activation of caspase-8 by TNF induces apoptosis and blocks muscle regeneration in in vivo models of cachexia (Moresi et al., 2008, 2009), data that also appears inconsistent with a model in which caspase activity is required for differentiation. The conflicting reports of the role of caspases in muscle differentiation may be reconciled by a model in which caspase-8 induces high levels of effector caspase activity that kill cells while differentiation is associated with lower effector caspase activity. Just such a switch between death and differentiation has been reported in Drosophila models (Florentin and Arama, 2012). Alternatively, TNF-dependent caspase activation may result in a different localization of active caspases compared to caspase activation associated with differentiation as discussed above for young and aged satellite cells (Fulle et al., 2013).

It is also possible that a particular cellular differentiation process involves more than one caspase-driven step. Muscle differentiation may represent an example of this, with caspase signaling from apoptotic cells as well as caspase activity in the differentiating cells. Differentiating myoblasts may even rely on their caspase activity to drive more than one process during differentiation. Larsen et al. present compelling evidence that caspase-3 mediated DNA damage drives changes in gene expression that are required for myoblast differentiation (Larsen et al., 2010). Others have argued that primary consequence of preventing caspase activation in differentiation is a failure of myoblast fusion (Murray et al., 2008). It is possible that caspases contribute to myoblast fusion by influencing cell motility, as this is required for both muscle development (Brand-Saberi et al., 1996; Molkentin and Olson, 1996) and regeneration (Seale and Rudnicki, 2000).

MOTILITY AND METASTASIS

Cellular locomotion essentially involves the continuous deformation and manipulation of the cytoskeleton to achieve movement. Caspases are the major manipulators of cytoskeletal structure during apoptosis, so it is conceivable that caspases could also have a role in enabling cell motility. In support of this model, in vitro studies have shown that caspase-8-knockout mouse embryonic fibroblasts are both motility-defective, and unable to form proper lamellipodia (Helfer et al., 2006). It is thought that caspase-8 engages in a multiprotein complex with calpain to cleave focal adhesion substrates (Helfer et al., 2006).

Additionally, the embryonic lethality of caspase-8 homozygous knockout mice has been attributed to the failure to develop a functional circulatory system through a defect in endothelial cell migration (Kang and Ben-Moshe, 2004). It is as yet unknown how caspase-8 mediates migration. It could be mediated through activation of downstream effector caspases like caspase-3, leading to modification of the cytoskeleton, or it could act through a separate pathway that does not involve executioner caspases. There is even evidence suggesting that the catalytic activity of caspase-8 is not required for its effects on cell motility (Senft et al., 2007). In addition to caspase-8, caspase-3 has also been implicated in cell motility. Pharmacological inhibition of caspase-3 activity reduces cancer cell motility and invasiveness (Gdynia et al., 2007).

Metastasis of tumor cells involves cellular migration and invasion of tissues, and the subsequent growth of secondary tumors at distant sites. Normally, cells are unable to escape into systemic circulation, as detachment from their basement matrix induces cell death through anoikis or amorphosis (Mehlen and Puisieux, 2006). However, when apoptosis is compromised through silencing of the downstream effector caspase-3, caspase-8 can act to promote metastasis. In this state, caspase-8 enters into a complex with FAK and CPN2, engaging a signaling pathway which induces cell migration (Barbero et al., 2009).

In a Drosophila model of tumor invasion, a non-apoptotic effector caspase pathway is utilized to activate the key invasion protein Mmp1 via JNK signaling (Rudrapatna et al., 2013) (Figure 3). It has been proposed that this cell invasion is achieved through co-opting functions of apoptotic caspase such as cytoskeletal modification. This could be extrapolated as a general feature of non-apoptotic caspase activities in different processes. Together, this suggests a new way of thinking about caspases. Perhaps it is more constructive to think of caspases as cell-structure modifying enzymes rather than as just cell death effectors. This idea is consistent with emerging data showing the role of caspases in neuronal plasticity.
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FIGURE 3. Model of caspase-mediated tissue invasion based on Drosophila studies. A sub-apoptotic level of caspase activation leads to the activation, via JNK signaling, of matrix metalloproteases. This metalloprotease activity is a necessary step in the invasion of tissues. Abbreviations: JNK, Jun kinase; Mmp1, Matrix metalloprotease 1; Hid, head involution defective; Dronc, Drosophila Nedd2-like caspase; Drice, Drosophila ICE.



NEURAL SIGNALING AND POTENTIATION

During early development, live imaging of caspase activity in the brain shows a complex pattern of expression and subcellular localization, occurring in discrete waves (Oomman et al., 2006). These waves of activity correspond to specific periods of brain maturation. Here, we look at the roles of this non-apoptotic caspase activity in neuronal network pruning, synaptic plasticity, signal modulation, and axonal guidance (Hyman and Yuan, 2012).

Pruning of axons and dendrites are the mechanisms through which undesired neural connections are removed. Neural network pruning during larval development in Drosophila is carried out through severing the connection between the outgrowth and the cell body, by means of localized executioner caspase activity, which is mediated by the spatially-restricted degradation of IAP proteins through caspase-3-like activity. An essential step in the process is degradation of DIAP1, a key inhibitor of caspase activity. Inhibition of the caspase-3-ortholog Dronc prevents this pruning process (Kuo et al., 2006) (Figure 4).
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FIGURE 4. Caspases in neuronal restructuring and signaling. Synaptic plasticity: Through cleavage of Akt, caspase-3 is involved in the endocytosis of AMPA receptors, leading to Long-Term Depression (LTD) of synaptic signaling. Axonal pruning: Localized proteosomal degradation of Inhibitor of Apoptosis proteins (IAPs) within axons lead to a localized caspase activity which shears the axon from the cell body. This process does not kill the parent neuron. Growth cone mobility: Netrin-1 acts as a chemoattractant, signaling MAP Kinase-mediated activation of caspase-3, which remodels the cytoskeletal structure within the growth cone, allowing axonal migration down the chemotrophic gradient. Abbreviations: AMPAR, AMPA receptor; Ubc1, Ubiquitin-conjugating enzyme E2 1; DIAP1, Drosophila Inhibitor of Apoptosis 1; MAPK, Mitogen-activated protein kinase.



In mammals, caspases were found to modulate synaptic plasticity through localized activation within synaptic terminals and neurites in response to stressors. Caspase-3 activity leads to dephosphorylation and internalization of AMPA-type receptors. The loss of these receptors causes degradation of the local dendritic spine. This leads to overall modulation of glutamate signaling. Consequentially, caspases have a role in long-term depression (LTD) of neurons, and overexpression of the anti-apoptotic proteins XIAP or Bcl-xL prevent this LTD (Li et al., 2010c).

Axonal guidance is carried out through the diffusion of molecular signals by the target site, generating a chemotrophic gradient for the axon. Caspases also contribute to this chemotrophic migration by regulating the growth of neurites, through localized proteolytic activity within growth cone structures. Caspase-3 activation is required for this response, as LPA-induced growth cone collapse and netrin-1-induced growth cone attraction are both blocked by caspase-3 inhibitors (Campbell and Holt, 2003). This caspase-3-mediated effect does not require caspase-9 activation, suggesting a distinct, non-canonical activation pathway. It has been speculated that caspase-3 mediated modulation of growth cones is carried out through degradation of cytoskeletal structural elements such as actin and gelsolin (Campbell and Holt, 2003) and rock-1 (Riento and Ridley, 2003).

Such caspase-mediated modulation of synaptic plasticity, axon pruning, and growth cone mobility appear to be cell-autonomous events, in that all utilize localized caspase activity within the target cell, likely through spatially-restricted degradation of inhibitors of caspase activity.

CONCLUSION

Here, we reviewed the major non-apoptotic roles of caspases discovered to date. We discussed such roles in terms of different cell behaviors such as differentiation, migration, and cell signaling, and presented evidence for the cell autonomous and non-cell-autonomous models of caspase signaling.

In some systems, it seems rather clear that a cell autonomous event is occurring. This is the case in, for example, axonal pruning, where a defined cell autonomous pathway of caspase activation has been elucidated. Other systems appear to be examples of the non-cell-autonomous model. An example of this is the process of compensatory proliferation, whereby caspase-generated signals from apoptotic cells stimulate the proliferation of nearby cells in an intercellular, receptor mediated fashion. Finally, there are systems where the evidence is conflicting. This includes the process of myoblast differentiation, in which there appears to be an essential role for both cell membrane contact with apoptotic, PS exposing cells, and for the cell autonomous caspase activation of nucleases to enable the transcription of myogenic genes. Some further approaches that may prove fruitful for this field include the live imaging of caspase activity in individual cells undergoing differentiation, the identification of soluble mitogenic signaling factors from apoptotic cells, and investigation of the interplay between caspase signaling pathways and other signaling pathways.

Regardless of how caspases are regulated in these models, it seems clear that caspases do indeed have roles other than as effectors of cell death. This new understanding suggests unexpected complications in situations where caspase-dependent cell death is considered desitable, such as in response to cancer chemotherapy. The newfound alternative roles of caspases present the possibility that chemotherapy drugs may induce a wide range of cell behaviors such as increased migration and compensatory proliferation of cancer cells (Jäger and Zwacka, 2010) that are both unexpected and unwanted.
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Background: Chronic obstructive pulmonary disease (COPD) is a respiratory disease associated with a systemic inflammatory response. Peripheral muscle dysfunction has been well characterized in individuals with COPD and results from a complex interaction between systemic and local factors.

Objective: In this narrative review, we will describe muscle wasting in people with COPD, the associated structural changes, muscle regenerative capacity and possible mechanisms for muscle wasting. We will also discuss how structural changes relate to impaired muscle function and mobility in people with COPD.

Key Observations: Approximately 30–40% of individuals with COPD experience muscle mass depletion. Furthermore, muscle atrophy is a predictor of physical function and mortality in this population. Associated structural changes include a decreased proportion and size of type-I fibers, reduced oxidative capacity and mitochondrial density mainly in the quadriceps. Observations related to impaired muscle regenerative capacity in individuals with COPD include a lower proportion of central nuclei in the presence or absence of muscle atrophy and decreased maximal telomere length, which has been correlated with reduced muscle cross-sectional area. Potential mechanisms for muscle wasting in COPD may include excessive production of reactive oxygen species (ROS), altered amino acid metabolism and lower expression of peroxisome proliferator-activated receptors-gamma-coactivator 1-alpha mRNA. Despite a moderate relationship between muscle atrophy and function, impairments in oxidative metabolism only seems weakly related to muscle function.

Conclusion: This review article demonstrates the cellular modifications in the peripheral muscle of people with COPD and describes the evidence of its relationship to muscle function. Future research will focus on rehabilitation strategies to improve muscle wasting and maximize function.

Keywords: COPD, skeletal muscle, deconditioning, muscle fiber types, mytochondria, protein balance

INTRODUCTION

Chronic obstructive pulmonary disease (COPD) is the fourth leading cause of death worldwide and presents a major burden of disease in middle and high-income countries (World Health Organization, 2008). COPD is primarily a disease of the respiratory system and is diagnosed based on abnormal lung function evaluated by spirometry (low forced expiratory volume); and symptoms such as dyspnea, chronic cough and/or sputum production (Vestbo et al., 2013). However, impairments in lung function and breathing only explain one aspect of the disability experienced by individuals with COPD. There are several secondary consequences of COPD and skeletal muscle dysfunction poses a key limitation in these patients. In fact, muscle mass has been shown to be an independent predictor of mortality from lung function in people with COPD (Marquis et al., 2002; Schols et al., 2005). Muscle size and muscle strength are also associated with important clinical outcomes such as reduced quality of life (Mostert et al., 2000), greater healthcare resource utilization (Decramer et al., 1996) and exercise intolerance in this population (Hamilton et al., 1995; Gosselink et al., 1996).

The concept that skeletal muscle dysfunction could be an important limitation to exercise capacity in people with COPD was first described by Killian et al. (1992) in a study where the symptoms limiting peak exercise capacity were systematically assessed using ratings of perceived exertion. Approximately 40% of people with COPD had an early termination of exercise due to symptoms of leg fatigue which were greater than their rating of shortness of breath at the end of a progressive exercise test; and in another 30% of patients, ratings of leg fatigue and dyspnea were equal. These findings led to further investigations of skeletal muscle dysfunction in people with COPD including examinations of muscle fiber typing (Jobin et al., 1998; Whittom et al., 1998), mitochondrial enzyme concentrations (Maltais et al., 2000), muscle metabolism (Kutsuzawa et al., 1995), functional deficits in muscle strength (Gosselink et al., 2000) and endurance (Serres et al., 1998) and the relationship between muscle function and peak exercise capacity (Hamilton et al., 1995; Gosselink et al., 1996). The early literature on skeletal muscle dysfunction in COPD was summarized in a comprehensive review by the American Thoracic Society and European Respiratory Society (ATS/ERS, 1999). The body of literature on skeletal muscle dysfunction has continued to explode and recent studies suggest that about one third of patients with COPD exhibit quadriceps muscle weakness (Seymour et al., 2010) and that muscle weakness and muscle atrophy are observed not only in moderate to severe disease but also earlier in the course of the disease (Seymour et al., 2010; Shrikrishna et al., 2012; Kelly et al., 2013).

Several factors are thought to contribute to the development of skeletal muscle dysfunction in people with COPD. Low physical inactivity or the effects of chronic deconditioning is likely a major factor contributing to muscle dysfunction in patients with COPD, who tend to be sedentary (Pitta et al., 2005; Watz et al., 2009). Although a causal link between inactivity and muscle dysfunction is difficult to establish in COPD, low physical activity has been associated with quadriceps muscle wasting even in people with mild airflow obstruction (Shrikrishna et al., 2012). Typically, muscle disuse atrophy has a pattern of inducing greater lower limb atrophy and weakness compared to upper limb (de Boer et al., 2008; Pisot et al., 2008). This pattern has also been observed in people with COPD where hadgrip strength tends to be better preserved than lower limb strength (Gosselink et al., 2000; Heijdra et al., 2003). Furthermore, studies examining muscle strength during and after an acute exacerbation of COPD, demonstrate that muscle weakness is apparent as early as the third day of the exacerbation (Spruit et al., 2003) and further decreased by about 5% after 5 days of hospitalization. The result of this study also showed that handgrip force also declined during the hospitalization initially, but did not decline further with longer hospitalization as it did for quadriceps force (Spruit et al., 2003). These finding suggests that muscle disuse is an important factor contributing to weakness in people with COPD.

Other factors that are associated with skeletal muscle dysfunction include the use of oral corticosteroid medications that causes “steroid-induced myopathy” in COPD (Decramer et al., 1996); low circulation testosterone (Van Vliet et al., 2005); hypoxemia (Koechlin et al., 2005), nutritional depletion (Engelen et al., 1994), oxidative stress (Couillard et al., 2003) and systemic inflammation (Spruit et al., 2003). Exposure to tobacco smoke, the main cause of COPD, is also recognized to contribute to muscle dysfunction even prior to the development of lung disease. In an observational study of over a 1000 healthy young adults (21–36 years old), an inverse relationship between smoking tobacco and knee extensor muscle strength was reported (Kok et al., 2012). Furthermore, this study demonstrated that 100 g of tobacco a week resulted in a reduction of 3% in muscle strength in men and 5% in women and this association existed independently of lifestyle physical fitness and body fat percentage (Kok et al., 2012). In addition, an inverse relationship between smoking tobacco and increased fatigability (Wüst et al., 2008) and muscle fiber atrophy (Montes de Oca et al., 2008) has also been described in non-COPD smokers. These results clearly demonstrate that smoking has an adverse effect of muscle function even in healthy subjects without COPD diagnosis. The combination of these factors likely leads to the complex set of adaptations that is observed in the peripheral muscles of people with COPD.

The purpose of this narrative review is to describe structural changes in skeletal muscle of people with COPD and describe the main mechanisms hypothesized to contribute to muscle atrophy. The relationship between skeletal muscle dysfunction to physical function and mobility will also be discussed.

STRUCTURAL CHANGES IN THE SKELETAL MUSCLE

SKELETAL MUSCLE ATROPHY IN COPD

Approximately 30–40% of people with COPD experience muscle atrophy (Schols et al., 1993; Engelen et al., 1994; Vermeeren et al., 2006) and a proportion of these patients may present normal body mass since the amount of fat mass is relatively maintained (Engelen et al., 1999; Eid et al., 2001; Vermeeren et al., 2006). Loss of muscle mass has been observed at the whole body level using D-XA and bioelectrical impedance measures, at the level of individual muscles using computed tomography (Bernard et al., 1998), magnetic resonance imaging (Mathur et al., 2007, 2008) and ultrasound (Seymour et al., 2010), as well as from muscle biopsy studies (Whittom et al., 1998; Gosker et al., 2002a,b). In an early study by Marquis et al. (2002), it was found that mid-thigh cross-sectional area measured using CT was a stronger predictor of mortality than lung function (FEV1) in a large cohort of patients with moderate to severe COPD. Similarly Schols et al. (2005) found that fat-free mass but not fat mass was an independent predictor of survival.

Muscle atrophy has important consequences for mobility, as muscle strength and power are closely related with muscle size. Furthermore, the loss of muscle mass and quality have been shown to have important multi-system consequences in other chronic disease conditions. For example in diabetes, muscle atrophy and fat infiltration is associated with poor glucose tolerance (Goodpaster et al., 2003) and may also be related to the immunologic status of an individual (Jo et al., 2012). These multi-system issues require further attention in the COPD population. The mechanism of muscle atrophy and how it may be accelerated in people with COPD is a growing area of investigation.

MUSCLE FIBER TYPE

The first study evaluating peripheral muscle fiber types in people with COPD was performed by Hughes et al. (1983) using biopsy analyses from the quadriceps of patients with moderate COPD. While they did not observe any change in fiber type proportions, they observed a significant atrophy in the type II fibers that was associated with weight loss. Since then, several studies have quantified changes in proportion and size in skeletal muscle fiber types of the lower limb of COPD and they have mainly focused in the vastus lateralis (VL) muscle. Jakobsson et al. (1990) showed a reduced percentage of type I fibers in the quadriceps, which was confirmed by the findings of Whittom et al. (1998). Another study in patients with COPD reported fiber-type analysis by quantifying myosin heavy-chain (MHC) and myosin light-chain (MLC) isoforms and observed a significantly greater proportion of MHC-2B in the VL compared with control subjects (Satta et al., 1997). They also observed that the pattern of distribution of MLC isoforms was shifted toward fast isoforms in COPD patients. A meta-analysis established a pathological proportion of slow to fast fiber types in people with COPD patients aged 60–70 years old. The authors evaluated eight studies with 84 patients and determined that, compared with reference values, a proportion of type I fibers less than 27% and of type IIX fibers greater than 29% in the VL could be defined as pathological (Gosker et al., 2007b). Gosker et al. suggested that COPD patients present a reduction in the type I fibers that is strongly associated with the severity of the disease.

Although the precise causes for such changes is not fully understood, it has been suggested that multiple factors such as hypoxemia and long-term disuse are related to the higher proportion of type II fibers. Hildebrand et al. (1991) reported that the high proportion of type II fibers was positively correlated with hypoxemia suggesting this may be a factor underlying muscle fiber differentiation in COPD (Hildebrand et al., 1991). It also appears that these changes are more profound in the lower limb muscles since no changes have been observed in the proportion of type I fibers of the biceps brachii muscle of people with severe COPD and matched control subjects (Sato et al., 1997); which suggests that disuse may play a role in fiber type changes in COPD.

METABOLIC ENZYMES

There is substantial evidence to suggest a decrease in the activity of key oxidative enzymes in peripheral muscles of COPD patients, such as citrate synthase and succinate dehydrogenase. Muscle biopsy from the VL muscle in people with severe COPD have demonstrated lower oxidative enzyme activity compared with healthy subjects; however, no significant difference was observed in the activity of the glycolytic enzyme between COPD and controls (Jakobsson et al., 1995; Maltais et al., 1996). Other studies have found increased activity of glycolytic enzymes such as phosphofructokinase (Whittom et al., 1998). It has been also suggested that hypoxemia contributes to these metabolic alterations in people with COPD; however, no reversal in the activities of any enzyme was observed even after long-term oxygen therapy (Jakobsson et al., 1995). Interestingly, muscle cytochrome oxidase activity is inversely related to arterial oxygen levels (PaO2) in COPD patients what suggests a compensatory response to reduced O2 availability to augment ATP production (Wagner, 2006).

MUSCLE CAPILLARITY

The oxidative metabolism in skeletal muscle is dependent on mitochondrial volume, density and activity and on muscle blood supply, therefore alterations in the muscle capillary network or mitochondria can lead to decreased exercise tolerance in COPD. A study by Simard et al. (1996) reported that the number of capillaries per surface area in the VL of patients with COPD was 53% lower than in age-matched normal subjects. Similarly, Jobin et al. (1998) observed a lower number of capillaries per square millimeter and lower ratio of capillaries per fiber ratio in COPD patients compared with controls. However, when normalized for fiber cross-sectional area, the number of capillary contacts per fiber were similar between patients with COPD and control subjects. A possible explanation for the reduced number of capillaries could be hypoxemia; however, patients from Jobin's study did not present with marked hypoxemia either at rest or during exercise. Only recently, Eliason et al. (2010) provided evidence of a disturbed muscle-to-capillary interface in COPD patients and a positive correlation between the degree of muscle capillarization, airflow obstruction and exercise capacity. The authors also showed that muscle capillarization decreased with the severity of the disease. Hypoxemia may be a possible explanation for the reduced vascularization. This hypothesis is strengthened by findings that COPD patients present an overexpression of the von Hippel-Lindau tumor suppression protein (Jatta et al., 2009) that lead to an adverse effect on tissue capillarization and impair the transduction of hypoxic-angiogenetic transcription factors such as vascular endothelial growth factor (Kondo and Kaelin, 2001).

MITOCHONDRIA DYSFUNCTION

Although cardiac output and ventilatory limitation have been observed during exercise in COPD patients (Cuttica et al., 2011), there is a noteworthy observation that the oxidative capacity of peripheral skeletal muscle is significant and remains reduced even following lung transplantation (Lands et al., 1999). Several studies have suggested that mitochondrial dysfunction exists in people with COPD. At least three changes in mitochondria have been suggested: an impairment in density and biogenesis, increased oxidative stress and apoptosis (Meyer et al., 2013). Gosker et al. (2007a) reported a reduction in the mitochondrial area along with reduced proportion of type I fibers suggesting that the reduction in the number of mitochondria might be related to changes slow type fibers. The role of oxidative stress in mitochondrial dysfunction was observed by Puente-Maestu et al. (2012) and recently reviewed by Kirkham and Barnes (2013). The highest sources of reactive oxygen species (ROS) are the alveolar macrophages and activated neutrophils from the circulation that release superoxide radicals and hydrogen peroxide. ROS are chemically reactive molecules containing oxygen, and include oxygen ions and peroxides. These are natural byproducts of normal oxygen metabolism and have important roles in cell signaling and homeostasis. In addition, mitochondrial respiration can also generate ROS due to the constant exposure to sources of inflammatory responses to bacterial and viral infections within the lungs. For instance, airway epithelial cells exposed to lipid soluble components from the tobacco induce the production of mitochondria-derived ROS (van der Toorn et al., 2009). Mitochondrial dysfunction has also been described in the airway epithelium of chronic cigarette smokers. Hoffmann and coworkers evaluated changes in mitochondrial morphology and expression of markers for mitochondrial capacity in the human bronchial epithelial cell line from ex-smokers with COPD (GOLD stage IV) and compared with age-matched smoking and never-smoking controls. Their results demonstrated that long-term cigarette smoking induces robust and persistent changes in mitochondrial structure and function in human bronchial epithelial cells, including increased fragmentation, branching, density of the matrix and reduced numbers of cristae. Interestingly, they also showed that most of these changes persisted upon smoking cessation. The authors speculated that an attenuated antioxidant response with elevated ROS in COPD may lead to an increased oxidant burden, possibly contributing to the observed mitochondrial defects in bronchial epithelial cells from COPD patients (Hoffmann et al., 2013). Hara and colleagues compared mitochondrial morphology in lung tissues from smokers without COPD and from COPD patients (Hara et al., 2013). Analyzing the electron microscopic of lung tissues, they demonstrated that mitochondria in bronchial epithelial cells tended to be fragmented in COPD but not in smokers without COPD, suggesting the fission process dominancy of mitochondrial dynamics in COPD pathogenesis. Tobacco smoke can also affect mitochondrial function in skeletal muscle. There is evidence that carbon monoxide has a direct inhibitory effect in vitro on cytochrome c oxidase (an enzyme related to the ATP synthesis in the mitochondria) activity in the human VL (Alonso et al., 2003); as well as its classical effect of oxygen depletion (Young and Caughey, 1990). Tobacco smoke may also act on muscle mitochondria through an increased expression of tumor necrosis factor-α (Tang et al., 2010).

MECHANISMS OF MUSCLE ATROPHY IN COPD

There are several interactive mechanisms that may contribute to the underlying development of muscle wasting in people with COPD. For a thorough review of the pathways leading to muscle atrophy, the reader to referred to the review by Langen et al. (2013). We present a brief overview of the major mechanisms that have been studied to date in the section below.

REGULATION OF MYONUCLEAR TURNOVER

Muscle apoptosis was hypothesized to be one factor underlying the development of muscle atrophy in COPD, however there are limited data in this area. Agusti et al. (2002) found that TUNEL positive nuclei were higher in people with COPD who had a low BMI; and there was an inverse relationship between TUNEL and BMI. However, specific measures of muscle size were not included in this study. Barreiro et al. (2011) found a relationship between muscle mass and apoptotic nuclei in people with severe COPD but no difference in caspase-3 between the COPD patients and healthy controls. Lastly, Gosker et al. (2003) found no evidence of active caspase-3 in muscle fibers of people with COPD and TUNEL-positive fibers were similar between people with COPD and healthy controls. However, the authors did report changes in the muscle fibers indicative of impaired muscle regenerative capacity such as the presence of fibrosis and adipocyte replacement in the muscle tissue.

There are some data to suggest that muscle regenerative capacity may be impaired in people with COPD. Theriault et al. (2012) described significantly shorter telomere lengths in people with COPD with low mid-thigh cross-sectional area. Also, people with COPD who had relatively preserved muscle mass had a significantly higher proportion of central nuclei, indicating past muscle regeneration. Although these results were based on a limited sample of 16 patients with COPD, they provide some evidence for exhausted muscle regenerative capacity in people with COPD who present with low muscle mass. Other markers of muscle regeneration such as Myf5, MyoD and myogenin have been shown to be similar between COPD patients and controls (Plant et al., 2010); whereas other studies have found a difference in these factors between COPD patients and controls; and between cachetic and non-cachetic patients with COPD (Vogiatzis et al., 2010; Fermoselle et al., 2012). Myostatin, an inhibitor of muscle growth, has been shown to be higher in COPD patients compared with controls (Man et al., 2010; Plant et al., 2010; Ju and Chen, 2012).

REGULATION OF PROTEIN BALANCE

Muscle mass is regulated through a balance of protein synthesis and degradation. In COPD, it is not clear whether protein synthesis is downregulated, protein degradation is upregulated or whether muscle mass depletion is a result of both processes. One of the proteolytic systems which has been studied in COPD is the ubiquitin-protease system. There is evidence for increased activation of this system in people with COPD, which may contribute to muscle wasting (Fermoselle et al., 2012; Lemire et al., 2012). People with COPD who exhibit muscle atrophy also have increased levels of atrogin-1 and MuRF-1 (muscle ring finger 1), both of which regulators of muscle atrophy (Plant et al., 2010; Lemire et al., 2012) as well as regulators FOXO-1 and FOXO-3 (Doucet et al., 2007; Debigare et al., 2010). The autophagy-lysosome pathway has also been hypothesized to be a factor in protein degrading leading to muscle wasting in people with COPD (Hussain and Sandri, 2013). A recent study found evidence for autophagy in the VL and tibialis anterior muscles of people with COPD (Guo et al., 2013). The number of autophagosomes was also inversely correlated with FEV1; and the degree of lipidation of the LCB3 protein was associated with low thigh muscle cross-sectional area. Further studies are needed to understand the contributions of the ubiquitin-proteasome pathway and autophagy-lysosome pathway in muscle wasting in COPD.

In terms of protein synthesis, the IGF-1-Akt pathway has been studied in people with COPD, however the results are conflicting. Circulating levels of IGF-1 have been shown to be similar between people with COPD and controls across disease severities (Piehl-Aulin et al., 2009) and in cachetic vs. non-cachetic patients with COPD (Debigare et al., 2003). However, during periods of acute exacerbation, IGF-1 levels have been shown to be decreased (Crul et al., 2007). The discrepancy in findings may be due to heterogeneous patient samples and stability of the disease; periods of acute exacerbation for example, are known to result in muscle atrophy.

CLINICAL RELEVANCE OF MUSCLE ATROPHY IN COPD

Reduced exercise capacity, poor quality of life, difficulty with activities of daily living and recurrent acute exacerbation are not simply the consequence of pulmonary impairment, but also impacted by peripheral muscle dysfunction.

Although a causal relationship has not been established, significant association have been observed between measures of muscle function, lung function and exercise performance. Lower quadriceps strength is correlated with lower FEV1 (Bernard et al., 1998). In addition, lower extremity muscle strength is significantly correlated with the 6-min walking distance, incremental shuttle walk performance, maximal oxygen update and symptoms on incremental exercise test but not endurance shuttle walking test performance (Hamilton et al., 1995; Gosselink et al., 1996; Saey et al., 2003; Steiner et al., 2005). More specifically, reduced fat free mass is correlated with decreased walking distance and maximal oxygen uptake (Schols et al., 1991; Baarends et al., 1997).

Reduced limb muscle strength also contributes to increased dyspnea, poor quality of life and health status (Shoup et al., 1997; Mostert et al., 2000); whereas improvement in muscle strength result in better in quality of life (Simpson et al., 1992). Furthermore, quadriceps wasting is independently associated with lower levels of physical activity in early COPD disease (Shrikrishna et al., 2012). In addition, there is a tendency for patients with muscle wasting to have higher depression scores than those without wasting (Chavannes et al., 2005; Al-shair et al., 2009) although the direction of the relationship is not known. On one hand, depression could result in altered appetite and decrease physical activity contributing to muscle wasting. On the other, muscle wasting could impact the ability to perform activities of daily living as well as community integration and therefore lead to depression and isolation.

Although lower extremity strength has received most of the attention, upper extremity strength is also compromised in individuals with COPD. The force-generating capacity of upper limb muscles are reduced in patients with COPD compared to healthy control (Gosselink et al., 2000). Specifically, arm elevation affects lung volume and respiratory muscles resulting in reduction in force-generating capacity (Janaudis-Ferreira et al., 2009). The reduction in upper extremity muscle strength in COPD contributes to difficulties in performing arm activities.

Finally, there is increasing evidence of impaired postural control in patients with COPD (Butcher et al., 2004; Beauchamp et al., 2009; Roig et al., 2009). Although the underlying mechanisms for reduced postural control among individuals with COPD remain unclear, many hypotheses have been proposed, including decreased levels of physical activity, peripheral muscle weakness and altered trunk muscle mechanics among others (Butcher et al., 2004; Beauchamp et al., 2009; Roig et al., 2009). Thus, skeletal muscle dysfunction may play an important role in the balance impairment in individuals with COPD.

Impaired exercise capacity and peripheral muscle dysfunction contribute to increased mortality and reduced health status, even when accounting for age and lung function status (Marquis et al., 2002; Schols et al., 2005). Specifically, mid-thigh muscle cross sectional area, an index of muscle mass has a strong impact on mortality in individuals with FEV1 of less than 50% (Schols et al., 2005). Although lower body mass index is a predictor of mortality in individuals with COPD, loss of muscle has more implications for survival than loss in other compartments (Schols et al., 2005). Decramer et al. (1997) also found that lower quadriceps muscle force was more strongly associated with higher utilization of health care resources compared to pulmonary function and exercise capacity.

CONCLUSION

Despite COPD being primarily a respiratory disease, these individuals present with important secondary dysfunction in their peripheral muscles characterized by muscle atrophy alterations in muscle fiber type, fiber composition as well as reduction in oxidative enzymatic activity, capillarity and mitochondrial dysfunction. These muscle changes have important clinical consequences such as impaired exercise tolerance, low physical activity and quality of life in people with COPD.
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Maintenance of skeletal muscle is essential for health and survival. There are marked losses of skeletal muscle mass as well as strength and physiological function under conditions of low mechanical load, such as space flight, as well as ground based models such as bed rest, immobilization, disuse, and various animal models. Disuse atrophy is caused by mechanical unloading of muscle and this leads to reduced muscle mass without fiber attrition. Skeletal muscle stem cells (satellite cells) and myonuclei are integrally involved in skeletal muscle responses to environmental changes that induce atrophy. Myonuclear domain size is influenced differently in fast and slow twitch muscle, but also by different models of muscle wasting, a factor that is not yet understood. Although the myonuclear domain is 3-dimensional this is rarely considered. Apoptosis as a mechanism for myonuclear loss with atrophy is controversial, whereas cell death of satellite cells has not been considered. Molecular signals such as myostatin/SMAD pathway, MAFbx, and MuRF1 E3 ligases of the ubiquitin proteasome pathway and IGF1-AKT-mTOR pathway are 3 distinctly different contributors to skeletal muscle protein adaptation to disuse. Molecular signaling pathways activated in muscle fibers by disuse are rarely considered within satellite cells themselves despite similar exposure to unloading or low mechanical load. These molecular pathways interact with each other during atrophy and also when various interventions are applied that could alleviate atrophy. Re-applying mechanical load is an obvious method to restore muscle mass, however how nutrient supplementation (e.g., amino acids) may further enhance recovery (or reduce atrophy despite unloading or ageing) is currently of great interest. Satellite cells are particularly responsive to myostatin and to growth factors. Recently, the hibernating squirrel has been identified as an innovative model to study resistance to atrophy.
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INTRODUCTION

Skeletal muscle plays a significant role in quality of life and is essential for health and survival. It is highly organized at the micro- and macroscopic level and plays a major role in mobility of the human body. Skeletal muscle accounts for ~40% of body mass, permits precise movements and is highly adaptive. The characteristic of plasticity allows skeletal muscle to change and adapt depending on the stimuli placed upon it. Increases in mechanical load and increasing workload will stimulate muscle hypertrophy, while removal of mechanical load will lead to muscle atrophy as an appropriate adaptation to hypogravity (Goldberg et al., 1975).

Skeletal muscle has the uncanny ability to alter its phenotype depending on the mechanical load placed upon it. Disuse is an expansive label for the low mechanical load or mechanical unloading of muscle; with the most severe example being that of lack of gravity in spaceflight. The ground-based model, bed rest, simulates spaceflight. Physiological changes during bed rest include 6–24% reduction in muscle mass and strength (Narici and de Boer, 2011) and other disuse associated changes in skeletal muscle (Brooks et al., 2008).

Morphological changes with atrophy include a decreased cross-sectional area of muscle fibers, concomitant reduced whole muscle volume and mass, but no decrease in number of fibers (Nicks et al., 1989). This is different to age-related muscle fiber atrophy which is accompanied by a reduction in number of muscle fibers (Lexell et al., 1988). The process of muscle atrophy is highly regulated and results in reduced protein content, reduced force production, increased fatigability and decreased insulin sensitivity (Fauteck and Kandarian, 1995; Harrison et al., 2003), decreased capillary density of both fiber types and disruption of the 3-dimensional architecture of skeletal muscle (Hikida et al., 1997). Skeletal muscle also undergoes a shift in contractile capacity of the fibers toward fast glycolytic phenotypes (Fauteck and Kandarian, 1995; Fitts et al., 2000). For example, the soleus muscle which is predominantly composed of slow twitch fibers is a postural muscle and highly susceptible to disuse and fiber type switching (Booth and Baldwin, 1996).

Disease-induced atrophy (cachexia) is seen in disease states such as cancer, AIDS, renal failure, congestive heart failure, chronic obstructive pulmonary disease (COPD) and burns. In addition to disuse atrophy, cachexia involves an intricate cytokine and inflammatory response inducing signaling cascades and gene transcription. This review will focus on disuse atrophy and selected growth factor-related signaling. Human models of disuse, such as immobilization and sedentary lifestyle (inactivity) include decreased mechanical loading. Immobilization can occur as a result of various injuries, mostly not of skeletal muscle so the influence on skeletal muscle is considered a side effect. Immobilization can also be used as a model to investigate disuse and load reduction on skeletal muscle as a research intervention. Unilateral lower limb suspension involves suspension of one limb while the other is used for movement assisted by crutches. This model resulted in 5–10% reduction in CSA of Quadriceps muscle after 4 weeks (for more detailed review about ULLS, the reader is referred to Hackney and Ploutz-Snyder, 2012). Immobilization (cast or leg brace) in humans can lead to ~12% decrease in leg mass (for more detailed review about immobilization, the reader is referred to Marimuthu et al., 2011).

Skeletal muscle unloading in rodents is best modeled by hindlimb suspension (HS; Morey-Holton and Globus, 2002), which also leads to significant skeletal muscle atrophy particularly in postural, slow-twitch muscles, such as the soleus muscle (Templeton et al., 1984; Fitts et al., 1986; Riley et al., 1987). The HS model involves the animal being suspended by the tail which prevents the back legs from bearing any weight whilst the animals support their weight on the front legs. The front legs do not take on the entire weight of the animal since some of the loading is compensated for by the pulley and wire system that allows the animal to still move freely in the cage. For a recent extensive review on disuse atrophy and unloading models, the reader is directed to Baldwin et al. (2013). Of particular interest are the alterations in MHC and fiber shifting away from slow-oxidative fiber type toward fast glycolytic fiber type in the soleus muscle with HS (Templeton et al., 1984; Elder and McComas, 1987; Riley et al., 1987; Tsika et al., 1987). This observation is consistent regardless of the duration of unloading in different studies. Because of the location of the MHC genes this suggests that the basal gene expression by the myonuclei is altered. Thus a concept not frequently considered arises: constitutive gene expression is altered once the adaptive phase is complete. To understand the role of the myonuclear response to atrophy it is important to investigate myonuclei as entities in their own right. The fact that a muscle fiber is multinucleated and large adds to the complexity of the myonuclear responses. On the other hand the muscle precurser cells (satellite cells; SCs) are mononuclear and typically quiescent, hence their response to disuse may not be similar to those of the myonuclei.

There is a plethora of research which has been carried out in human subjects with differing methods and timescales of atrophy-inducing stimulation. Two recent studies from van Loon's laboratory demonstrate that after 5 days cast immobilization (Dirks et al., 2014) and 14 days cast immobilization (Wall et al., 2013) there are significant losses in muscle strength and size. Five days of immobilization led to 3.5% reduction in quadriceps CSA and 9% muscle strength (Dirks et al., 2014). In young males, there was a 8% decrease in muscle cross-sectional area and a 23% reduction in quadriceps strength after 14 days immobilization (Wall et al., 2013). In addition, data from the Kjaer laboratory also report decreases in fiber size (10; 20%) and strength (13; 20%) after 4 and 14 days, respectively (Suetta et al., 2012, 2013). The decrease in whole muscle strength is also reflected in reduced specific force of single muscle fibers (Hvid et al., 2013). Bed rest studies of longer duration (e.g., 28 days) consistently show reduced muscle strength and size (Hikida et al., 1989; LeBlanc et al., 1992; Edgerton et al., 1995; Ferrando et al., 1996; Bloomfield, 1997; Brooks et al., 2008). In skeletal muscle from individuals who were 9 years post-spinal cord injury, there was considerable atrophy compared to controls and 90% of the fibers were type II fibers (Verdijk et al., 2012).

Skeletal muscle is a key tissue in maintaining functional ability and contributing to health status. The aim of this review is to highlight the important and integrative role of SCs and myonuclei in skeletal muscle homeostasis with the focus particularly on atrophy. Understanding the role of myonuclei and SCs both in load-bearing and a variety of disuse conditions may lead to therapies to combat deleterious alterations in skeletal muscle that are specifically targeted to these progenitor cells. Since both SCs and myonuclei respond to environmental changes, the involvement of SCs in skeletal muscle health as well as for skeletal muscle therapies should be further investigated.

MYONUCLEI AND MYONUCLEAR DOMAIN

Despite being post-mitotic and unable to divide and replicate, myonuclei remain essential for skeletal muscle homeostasis, maintenance and adaptive responses. Therefore analysis of myonuclei may shed light on mechanisms responsible for muscle fiber loss or on responses to interventions to fight physical disability such as that seen with ageing and disease (Malatesta and Meola, 2010).

The theory of myonuclear domain suggests that each skeletal muscle nucleus governs an area of surrounding cytoplasm (Hall and Ralston, 1989) and produces enough protein to support the limited area of cytoplasmic and structural proteins within the local “domain” (Pavlath et al., 1989). Research has consistently reported that in situations of positive change in fiber size, i.e., with muscle growth, hypertrophy or overload, there are increases in myonuclear number as the fiber increases in size (Allen et al., 1995; McCall et al., 1998; Roy et al., 1999a; Adams et al., 2002; Petrella et al., 2006; VanderMeer et al., 2011). However, a somewhat flexible myonuclear domain size is likely especially during e.g., the early phase of an adaptive response (Kadi et al., 2004), either increase or decrease in fiber size or change in metabolic status.

Myonuclear domain size is different between fast and slow fiber types (Burleigh, 1977). Slow muscle fibers have higher rates of protein turnover (Booth and Thomason, 1991) and higher oxidative capacity has been associated with a higher level of protein synthesis (Roy et al., 1999b). In general, slow fibers have larger numbers of myonuclei (Edgerton and Roy, 1991) which leads to a smaller calculated myonuclear domain size (Tseng et al., 1994; Allen et al., 1995; Hikida et al., 1997; Brooks et al., 2009). Fast muscle fibers have lower oxidative capacity, relatively lower numbers of myonuclei and larger myonuclear domain sizes (Burleigh, 1977; Tseng et al., 1994). However, it is well known that fast twitch fiber sub-types have widely varying oxidative capacity and multiple hybrid isoforms (Kohn et al., 2007). It has also been reported that there is a positive correlation between myonuclear number and fiber size in young mice and this relationship is lost during adulthood (Bruusgaard et al., 2006). More research needs to be done to unravel the fiber type/oxidative capacity and age and myonuclear domain relationship.

MYONUCLEAR DOMAIN AND DISUSE ATROPHY

While the myonuclear domain theory is well substantiated for the increase and incorporation of myonuclei with muscle hypertrophy (see above), the response of the myonuclear number and myonuclear domain size with atrophy is less conclusive. Despite less being known about the influence of disuse on myonuclei, the alterations in muscle morphology, biochemistry and physiology suggest that the myonuclei are influencing features of change within the muscle as well as being influenced by these alterations. Furthermore, atrophy from disuse occurs rapidly and its development is not simply the reverse of skeletal muscle hypertrophy. Myonuclear loss may follow a different timescale, occurring at a slower pace than the loss in muscle fiber size (VanderMeer et al., 2011). This may further complicate our understanding of change vs. no change of myonuclear domain size in response to an intervention. It is therefore important to distinguish between the adaptive phase and the new steady state when considering the muscle response to unloading.

Based on the myonuclear domain theory and the response to muscle growth, it could perhaps be inferred that with muscle atrophy there would be an accompanying loss of myonuclei resulting in maintenance of the myonuclear domain size (Siu and Alway, 2009). This inference relies on acceptance of the myonuclear domain theory that hypothesizes that each myonucleus can control only a certain domain for protein synthesis and general “maintenance.” Although this hypothesis was based on solid observational data, the mechanisms controlling the removal of nuclei under conditions that cell death (myofiber necrosis) is absent, is far from understood. Nonetheless, decreased myonuclear numbers are noted in muscles undergoing a variety of atrophy-inducing experimental conditions in humans and animals such as spinal cord isolation and transection, microgravity, hind limb suspension and chronic denervation (Darr and Schultz, 1989; Schmalbruch et al., 1991; Allen et al., 1995, 1996, 1997b, 1999; Day et al., 1995; Rodrigues Ade and Schmalbruch, 1995; Hikida et al., 1997). However, there have also been recent reports to suggest that atrophy with HS does not lead to loss of myonuclei (Bruusgaard et al., 2012).

Myonuclei can be removed by a number of different processes, mainly apoptosis or autophagy. Apoptosis is a tightly regulated process of highly coordinated “programmed cell death.” The process of apoptosis is a vital mechanism to allow normal development, tissue turnover and immunological function (Thompson, 1995) and to maintain tissue homeostasis throughout the lifespan. Apoptosis as a means of cell death is easy to conceptualize for mononuclear cells or cells with low nuclear number. However, in a multi-dimensional, multinucleated cell, how and why are particular nuclei targeted and not adjacent nuclei? There appears to be a fiber type-specific response of myonuclear loss, with a greater decrease in myonuclear number in Type I (Zhong et al., 2005) fibers that respond to unloading with more severe atrophy. In contrast excess glucocorticoid production such as that with cachexia results in fast glycolytic fibers being more affected (recently reviewed by Schakman et al., 2013). This further highlights the specificity and complexity inherent in regulation of disuse atrophy and by extension the control of myonuclear domain.

Regardless of the unknown mechanisms initiating myonuclear loss, elimination of myonuclei by nuclear apoptosis remains a rational idea to explain myonuclear domain size consistency in the face of atrophy, reviewed by Siu and Alway (2009). Allen et al. (1997a) published the first research demonstrating that the myonuclei lost with atrophy (HS) were eliminated by “programmed nuclear death,” apoptosis. Myonuclear apoptosis has been identified with muscle disuse/unloading/wasting and can be measured with the terminal deoxynucleotidyl transferase-mediated deoxyuridine triphosphate nick end-labeling (TUNEL) or by DNA fragmentation in gel electrophoresis (Allen et al., 1997a; Dupont-Versteegden et al., 1999, 2006; Smith et al., 2000; Leeuwenburgh et al., 2005). For example, after 16 days of HS, rat soleus muscle had reduced number of myonuclei and the size of the myonuclei were increased after HS but the DNA content did not differ (Wang et al., 2006). However, recent advances in techniques for measuring apoptosis, particularly the ability to measure in vivo and to differentiate between nuclear loss inside and outside the muscle cell have permitted more accurate assessment of apoptosis in the muscle. In a number of recent publications, small increases in TUNEL+ nuclei have been reported but the location of these nuclei was outside the sarcolemma and thus they have been identified as stroma cells (Bruusgaard et al., 2012; Suetta et al., 2012).

In light of the above discussion, the concept of muscle atrophy coinciding with loss of myonuclei to maintain myonuclear domain size is not conclusive. Nutritional restriction has been reported to reduce muscle fiber size but not myonuclear number thus decreasing the myonuclear domain size (Winick and Noble, 1966; Pitts, 1986). Some studies have found no loss of myonuclei or myonuclear apoptosis with situations of atrophy (Wada et al., 2002; Gundersen and Bruusgaard, 2008). As highlighted in an excellent review on myonuclear domains and muscle atrophy (Gundersen and Bruusgaard, 2008), a lot of the research findings noting myonuclear loss are based on cross-sectional histological assessment of myonuclei at a specific time point. Bruusgaard and Gundersen (2008) conducted an elegant study measuring in vivo time lapse of single fibers and found that after 4 weeks of denervation there was a 50% decrease in size of muscle fiber and no change in myonuclear number. Other studies using single fiber analysis have also found no change in myonuclear number in rodent muscle (Wada et al., 2002; Aravamudan et al., 2006).

The method used to measure myonuclei and myonuclear domain size is also important to consider for careful interpretation. Cell culture techniques provide a means for easy myonuclear analysis after intervention. However, the number of myonuclei available for analysis is high and the proportion of myonuclei for a given volume of myotube is more prominent than in whole muscle where the contractile protein content overwhelms the internal content of the fiber. The timing of the myonuclear sampling is also important when determining whether apoptosis actually occurs and it is difficult to maintain myotubes in culture for long periods. Myotubes in culture are also often not subjected to contractile forces and the relevance to disuse atrophy might be questioned, although this does not preclude the investigation of atrophy induced by other methods.

Loading of muscle prior to the induction of atrophy may also influence the acute responses, especially to unloading. Siu et al. (2005) reported that in recently hypertrophied muscle (with increase in myonuclei) myonuclei undergo apoptosis during disuse. Bruusgaard et al. (2010) investigated this further by investigating the concept of “muscle memory” by overloading EDL muscle of mice and rats to stimulate hypertrophy. The EDL muscle was then denervated to induce muscle atrophy. In contrast to Siu et al.'s work, this model of overload led to myonuclear accretion with hypertrophy, and the new myonuclei persisted even with atrophy after denervation (Bruusgaard et al., 2010). This maintenance of myonuclei in the animals with overload and denervation was not seen in the animals who underwent only denervation. The authors suggest that previous hypertrophy bouts may protect skeletal muscle against myonuclear loss with atrophy. This may be of benefit for individuals who will undergo bouts of enforced disuse such as that seen with immobilization and/or bed rest following elective surgical procedures.

It is also important to highlight that the various experimental models used to investigate disuse atrophy differ substantially and hence have varying degrees of physiological application. Although animal models may seem too different from human models, it is of extreme importance for development in the area that both human and animal models are included in the research, whilst still keeping in mind that these choices may differ in the extent that the intervention can be applied. The most typical models of disuse atrophy are: denervation or hindlimb suspension in rodents; immobilization or bed rest in humans. Previously, the techniques used for analysis included histology, immunohistochemistry, gene expression and protein content, but in vivo assessment, single fiber assessment, myonuclear assessment, myonuclear domain size estimations were typically lacking in most studies. Further, the timing of muscle or myotube sampling will influence the response recorded. As discussed in this review, this is particularly evident when assessing the SC count in humans after short immobilization bouts, longer bed rest and/or longer disuse seen with spinal cord injury (Brooks et al., 2010; Verdijk et al., 2012; Snijders et al., 2014). The muscle chosen for analysis i.e., slow twitch soleus muscle, or fast twitch EDL muscle, or mixed muscle from humans, are key factors in unraveling the complex but enticing role of myonuclei in skeletal muscle atrophic situations. Recent human research has highlighted sex differences in skeletal muscle response to immobilization (Yasuda et al., 2005) which should also be taken into consideration. Finally, new methods should be developed or taken up by more researchers, for example the 3-dimensional analysis of myonuclear domain size and muscle volume measurements.

A fundamental question related to myonuclei, myonuclear domain and the response to atrophic situations is the involvement of skeletal muscle stem cells (SCs) in the maintenance of muscle mass, and the response to muscle loss.

SATELLITE CELLS

Myonuclei in skeletal muscle are post-mitotic and cannot replicate. Therefore, any increase in myonuclear number such as required for growth and repair is a result of SC fusion, although also to a very minor extent other stem- or stem cell-like cells (Boppart et al., 2013). The quantity of SCs differs between muscles, fiber types, developmental stages and species. In general, there are more SCs in type I fibers than type II fibers; the number of SC number does not change from birth to adulthood despite increases in fiber size (Verdijk et al., 2013). However, this is age, species and muscle specific (Gibson and Schultz, 1982; Mackey et al., 2009; Verdijk et al., 2013). SCs are responsive to various environmental influences, including disuse.

SCs have distinctive morphological features, including large nuclear-to-cytoplasmic ratio, few organelles, small nuclei and condensed interphase chromatin clearly visible using electron microscopy (Mauro, 1961). While the gold standard measurement of SCs is with electron-microscopy, SCs can also be identified with light microscopy and immunohistochemical labeling of factors expressed by the SCs (for further details on transcription factors and other markers expressed by SCs see the recent review by Yin et al., 2013). While SCs express these markers, labeling with some of these will also identify other cells. Where this is the case, the marker should not be used alone to identify SCs but rather in combination with another or several other known markers that (i) label the SCs but not the alternate cell; (ii) label the alternate cell but not the SCs; or (iii) label adjacent structures such as the sarcolemma or basal lamina. The choices for labeling with immunohistochemistry should be carefully considered, particularly when one is assessing SCs after an unusual intervention such as disuse that may affect SCs and myonuclei substantially.

Under normal situations SCs remain quiescent (Bischoff, 1990). Upon activation in response to stimuli present during injury or growth, SCs enter the cell cycle (Bischoff, 1990). When activated, SCs proliferate and express myogenic regulatory factors (MRFs), MyoD and Myf5 (Yablonka-Reuveni and Rivera, 1994; Zammit et al., 2002). After proliferation, most cells maintain MyoD but downregulate Pax7 and commit to differentiation via activation of myogenin. Other myoblasts maintain Pax7 but down-regulate MyoD and withdraw from the cell cycle regaining markers that characterize quiescence (Nagata et al., 2006; Day et al., 2007). All SCs undergo a stage of co-expressing Pax7 and MyoD before the decision to self-renew or differentiate is made. SCs have the ability to undergo both asymmetric as well as symmetric divisions (Kuang et al., 2007) either producing identical progeny or different progeny (Kuang et al., 2007).

Over recent years, a number of key publications have demonstrated that SCs are not all the same (Zammit, 2008; Biressi and Rando, 2010; Scharner and Zammit, 2011) and variations exist even between SCs in the same muscle (Ono et al., 2012). It is thought that the surrounding area (niche) of the SC plays a role in the fate and adaptive responsiveness of the SC (Kuang et al., 2007). Therefore, the environment that influences muscle fibers and myonuclei will also have an effect on SCs. The role of SCs in skeletal muscle atrophy and recovery is less well characterized than their role in growth and injury repair. However, any reduction in the ability of SCs to respond to injury and trauma during atrophy or upon reloading will be a further detrimental episode for the muscle (Chargé and Rudnicki, 2004).

Although this review is focused on muscle atrophy, it is important to highlight that recent research has questioned the absolute requirement of SCs for muscle hypertrophy. Skeletal muscle can respond to hypertrophy stimulation even in animals without SCs. In adult Pax7-DTA mice, which have greater than 90% of SCs removed, the muscle can respond to an overload stimulus (McCarthy et al., 2011). These muscles without SC have a blunted response to regeneration, but are still able to hypertrophy (McCarthy et al., 2011). A number of studies in animals have reported skeletal muscle hypertrophy without SC activation or incorporation of myonuclei (Amthor et al., 2009; Blaauw et al., 2009; Raffaello et al., 2010; Lee et al., 2012; Wang and McPherron, 2012). These studies demonstrate that hypertrophy can occur independently of both SC proliferation as well as myonuclear accretion. This highlights the ability of rodent skeletal muscle to respond to overexpression induced hypertrophy (i.e., AKT overexpression—Blaauw et al., 2009), myostatin knock-out induced hypertrophy (Amthor et al., 2009), hypertrophy with overexpression of JunB in cell culture (Raffaello et al., 2010). Further, hypertrophy induced by myostatin inhibition in adult mice preceded incorporation of myonuclei (Wang and McPherron, 2012). This is also reported in animals which are transgenically modified to inhibit syndecan4 or Pax7, there is a hypertrophy response to hypertrophy stimulated by myostatin blockade, even without SC proliferation and fusion (Lee et al., 2012).

SATELLITE CELLS AND DISUSE ATROPHY

Early studies indicated that atrophic conditions lead to increases in the number of apoptotic myonuclei both inside and outside myofibers (Allen et al., 1997a; Vescovo et al., 1998). However, more recent studies indicate no change in myonuclear numbers with atrophy, and loss of SCs with atrophy is not a consistent finding. For example, in recent human studies of 14 days immobilization (Snijders et al., 2014), 28 days bed rest (Brooks et al., 2010) there appears to be no change in SC number, but Suetta et al. (Suetta et al., 2013) report an increase in SCs after 14 days immobilization. In contrast, in a recently published paper reporting SC numbers in states of severe disuse atrophy, spinal cord injury, individuals had significantly lower SC numbers in both type I and type II fibers (Verdijk et al., 2012). Thus, the severity of disuse induced atrophy and the duration of the condition must be considered when interpreting the existing literature.

Whether or not some SCs are lost during atrophy, it is still an open question how and why function (e.g., mitotic ability) of remaining SCs are is altered during atrophy and if so, whether their functionality is can be restored with reloading. In studies investigating alterations in SC content and proliferative ability, the age and growth stage of the animals is important. To investigate the role of SCs and the effect which atrophy has on their function, using young animals whose growth has not stabilized can shed light on factors not investigated in other models. For example, the SC may be more responsive during growth and this may alter their response to the atrophy-inducing intervention (see Darr and Schultz, 1989). SC response to potential interventions to reduce atrophy may also be different when comparing the growing, the adult or aged animal, thus interpretation and application should be done with care. Mechanical unloading appears to reduce the number of SCs (Darr and Schultz, 1989; Mozdziak et al., 1998; Matsuba et al., 2009). This may be due to apoptosis of SCs as well as myonuclei in situations of atrophy (Jejurikar et al., 2002; Jejurikar and Kuzon, 2003; Ferreira et al., 2006). Wang et al. (2006) investigated the mechanisms underlying the SC response to HS, particularly the distribution of SCs and the level of mechanical load applied to the muscle. Their results suggest that the regulation of SCs is dependent on the mechanical loading and the location of the SC along the muscle fiber. Unloading resulted in a significant decrease in SC number, particularly at the central region of the muscle fibers (Wang et al., 2006).

In contrast, Darr and Schultz (1989) showed that the alterations in myonuclear and SC population were dependent on the time course of HS. They investigated 30 days of HS in rat muscle, particularly fast-twitch extensor digitorum longus (EDL) and slow-twitch soleus muscle. After 3 days of HS, the authors report a reduction in SC number and halting of mitotic activity in both soleus and EDL muscle. Between 3 and 10 days of HS the SCs began dividing and there was an increase throughout the remainder of the HS. In addition to the increase in dividing cells, the EDL muscle also appeared to have a compensation response with 4x increase in active SCs in EDL myofibers. Although this study found that the earlier response was reduced SC number and mitotic activity, Ferreira et al. (2006) reported an intense peak of proliferating activity in SCs after 6 h of HS (SC duplication) followed by an increase in myonuclei at 12 h of HS (Ferreira et al., 2006). During this time there also appeared to be apoptosis (Ferreira et al., 2006). Investigating the morphometric and ultrastructural properties of SCs in rat soleus during immobilization, Kujawa et al. (2005) found caveolae on the SCs and a decrease in SC activity. Clearly, the SC response to atrophy is biologically complicated. Interestingly, in a human study, when specifically labeled with Pax7 and TUNEL+, there were no apoptotically marked SCs after 14 days of immobilization (Suetta et al., 2012).

In a seminal set of experiments, Mitchell and Pavlath examined the properties of muscle precursor cells (MPCs include both SCs and other stem-like cells between myofibers, fat and in blood vessels) after 14 days of HS in mice (Mitchell and Pavlath, 2004) and subsequent recovery. HS led to decreased number of MPCs and these MPCs taken from atrophied muscle cells could not proliferate and differentiate in vitro into normal myonucleated myotubes. Recovery appeared to lead to reversal of the dysfunctional properties highlighting that these changes are transient, lasting only until normal weight bearing activities are resumed. This would seem to imply that SC reactivation is integral to recovery. However, in young animals Jackson et al. (2012) concluded that SCs are not required for muscle growth following atrophy since restoration of myonuclear domain size with reloading after HS was independent of SCs.

Mozdziak et al. (2001) investigated the interaction between injury and HS, specifically the myofiber size, SC mitotic activity and DNA unit size after resumption of normal activities in soleus muscles of rats. They found muscle injury combined with inactivity (HS) caused long-term reduction in muscle size compared with injury in weight bearing animals. After HS the SCs responded to compensate for the muscle injury but this was not enough to return myonuclear numbers to levels similar to that of the animals who had not undergone HS (Mozdziak et al., 2001). The authors speculated that the HS caused a disruption in “DNA expression unit size” (such as seen in Mozdziak et al., 2000) and combined with the reduction in SC mitotic activity results in a reduced size of soleus muscle even after 9 weeks of reloading. This interpretation indicates that the myonuclear domain size is not necessarily primarily responsive to changes in muscle size, but may itself have an active influence on muscle size.

Interestingly, while the number of SCs does not appear to change in human muscle with short-term disuse (28 days or less), it should be highlighted that alterations in MRFs have been documented. During 14 days of immobilization, Snijders et al. (2014) report myogenin mRNA expression doubled. Further, after 28 days bed rest and essential AA supplementation without exercise, MyoD transcripts were elevated after 28 days and remained elevated after recovery (Brooks et al., 2010). Thus, SCs are not quiescent when the environment is changing and there may be a myogenic response occurring despite muscle proteolysis.

Investigations into treatments to reduce atrophic response during HS have found that application of low-frequency electrical stimulation (LFES) partially rescues the loss of SCs and lessens the reduction in muscle cross-sectional area (Zhang et al., 2010); rescues SCs and maintains their viability for muscle regeneration (Guo et al., 2012) and reduces loss of myonuclear domain size (Zhang et al., 2010). Zhang et al. (2010) applied LFES during HS in a rat model and investigated SC response in soleus and EDL muscles. The authors reported evidence of a reduced capacity for SC activation, proliferation and differentiation in soleus muscle after 28 days HS, findings that were partially attenuated by LFES. Interestingly, there was no atrophy in the EDL muscle and no alteration in myonuclear domain size in the EDL muscle (Zhang et al., 2010).

In summary, the balance of data indicates that in animals SC numbers decrease while in human studies SC numbers remain similar or even increase unless the atrophic environment is particularly severe. Furthermore it seems the regenerative capacity, and indeed the myogenic regulation of the remaining SC is maintained. Atrophy occurs under many conditions and unraveling how SCs respond in the various conditions will need to include better examination of the niche environments in which the SCs reside and not only the quantitative responses. The response of SCs to disuse atrophy is further complicated by the time course of exposure to the condition and therefore research should be including a broader timescale without sacrificing investigation of the rapid early responses. Investigation of early responses should include cell signaling events within SC and not only muscle tissue itself. Extensive research has been done on the molecular pathways which influence atrophy (see below) and some evidence exists that SC are also influenced significantly by these pathways.

MOLECULAR SIGNALING PATHWAYS

The molecular mechanisms underpinning muscle atrophy with disuse remain to be fully elucidated. The next section aims to describe 3 of the key molecular pathways which are linked to skeletal muscle atrophy: Atrogin-1/MAFbx and MuRF1; the IGF-1-AKT-mTOR pathway; and the Myostatin Pathway. Existing authoritative review articles will be highlighted. Further, we aim to discuss how these pathways are related to SCs and myonuclear responses to atrophy.

UBIQUITIN PROTEASOME PATHWAY (MAFBX/MURF1) AND DISUSE ATROPHY

The ATP-dependent ubiquitin proteasome pathway is the primary degradation pathway of skeletal muscle in response to inactivity and disuse. The ubiquitin-proteasome pathway is involved in breakdown of short-lived proteins or long-lived myofibrillar proteins in skeletal muscle. Three distinct components are required for muscle breakdown using the ubiquitin proteasome pathway. E1 ligases which activate ubiquitin, E2 ligases that are responsible for transferring the activated ubiquitin to the protein molecule that is then targeted for degradation and the E3 ligases which regulate the actual transfer of ubiquitin to the protein. Two important skeletal muscle specific ubiquitin E3 ligases are Muscle-specific RING Finger protein1 (MuRF1) and Muscle Atrophy F-box (MAFbx/atrogin-1).

MAFbx and MuRF1 are both primarily expressed in skeletal muscle and are upregulated in several models of disuse (Bodine et al., 2001). MAFbx and MuRF1 were first identified following profiling in mouse atrophy after fasting and immobilization in a profound set of experiments published by both Bodine et al. (2001) and Gomes et al. (2001). In knock-out models, animals which cannot make MAFbx or MuRF1 proteins appear to be similar to the wild-type animals with phenotypically similar muscle and normal body weight (Bodine et al., 2001). However, MAFbx knockout mice had a reduced loss of muscle mass (56% sparing) after 7 and 14 days (Bodine et al., 2001). MuRF1 knockout mice had a 36% sparing of muscle compared to wild-type mice 14 days after denervation.

Both MAFbx and MuRF1 appear to be early markers of disuse atrophy. MAFbx and MuRF1 mRNA levels are rapidly increased in numerous models of atrophy and are thought to contribute to the initiation of the atrophy process (Foletta et al., 2011). They are increased after spaceflight in rodents (Allen et al., 2009), after 3 days of ULLS in humans (Gustafsson et al., 2010); and after immobilization (Jones et al., 2004; Abadi et al., 2009). MAFbx and MuRF1 are regulated by the family of Forkhead box O (FOXO) transcription factors (Stitt et al., 2004). FOXO is a family of transcription factors that are involved in metabolism, apoptosis and cell cycle progression (Carlsson and Mahlapuu, 2002). When FOXO transcription factors are dephosphorylated they enter the nucleus and act to suppress growth and promote apoptosis (Ramaswamy et al., 2002). AKT (also called protein kinase B or PKB) phosphorylates FOXO transcription factors on multiple sites leading to their exclusion from the nucleus. Under normal physiological conditions, AKT thus inhibits the transcriptional functions of FOXO and FOXO is unable to suppress growth or upregulate atrophy and myonuclei are maintained.

IGF-1-PI3K-AKT-MTOR AND DISUSE ATROPHY

Extensive literature supports the role of the IGF-1-PI3K-AKT-mTOR pathway in regulation of skeletal muscle hypertrophy (for example see reviews Glass, 2003; Schiaffino et al., 2013). Activation of this pathway leads to increases in translation initiation factors ultimately leading to increased protein synthesis: IGF1 activates Phosphatidylinositol 3 kinase (PI3K), which phosphorylates phosphatidylinositol-4,5-bisphosphate to phosphatidylinositol-3,4,5-trisphosphate in the membrane; this creates a binding site for AKT; activation of AKT phosphorylates and activates mammalian target of rapamycin (mTOR) kinase; mTOR increases protein synthesis by phosphorylation and activation of p70S6kinase and eukaryotic translation initiation factor 4E binding protein 1, both of which are involved in translation and protein synthesis. The activation of AKT appears to be a crucial determinant of the cellular signaling processes and appears to sit at the transition point between atrophy and hypertrophy (again, see Glass, 2003; Schiaffino et al., 2013 for review).

With situations of disuse, AKT is not activated and this contributes to muscle atrophy via FOXO (Sandri et al., 2004). Animals with overexpression of FOXO have reduced muscle mass and this appears to be related to increases in MAFbx and MuRF1 (see above). Increased FOXO transcript levels in rodents were reported after spaceflight (Allen et al., 2009) and decreased phosphorylation of AKT levels were reported after 10 days HS (Sugiura et al., 2005). Alterations in the IGF1-AKT-mTOR pathway are linked directly to alterations in the ubiquitin proteasome ligases, MAFbx and MuRF1 (Kandarian and Jackman, 2006). Activation of the IGF-1 pathway is significant in reducing FOXO translocation. Inhibition of the IGF-1 pathway caused FOXO translocation to the nucleus, promoted growth suppression and stimulated proteolysis (Stitt et al., 2004). In humans, after 5 days of immobilization without intervention, transcript levels of MAFbx and MuRF1 were increased (Dirks et al., 2014). However, no increases in FOXO were noted after 4 or 14 days of immobilization (Suetta et al., 2012).

Relocation of FOXO to the nucleus also activates genes involved in cell death and cell cycle inhibition (Stitt et al., 2004) and may therefore potentially affect SC proliferation. IGF-1 is known to act directly on SCs. IGF-1 leads to SC proliferation and its absence is associated with lower proliferation capacity. Therefore, interventions that focus on the IGF-1/mTOR pathway will also induce activation of the support-system for addition of myonuclei. IGF-1 acts both intracellularly and extracellularly to induce both proliferation and differentiation of SCs (Bischoff, 1986; Adams and Haddad, 1996; Adams, 1998; Cameron-Smith, 2002; Mourkioti and Rosenthal, 2005) and different isoforms of IGF-1 may be responsible for these (see Review for further reading of the IGF-1 and skeletal muscle regeneration and hypertrophy: Philippou et al., 2007). mTOR has been described as the master regulator of cellular processes and has been linked to differentiation in C2C12 myobalsts (Erbay et al., 2003; Han et al., 2008). While its role in myogenic differentiation has not been conclusively clarified, mTOR is thought to play a role in regulating MyoD stability (Sun et al., 2010). Further clarification of the interaction of mTOR, as well as other key components of the pathway, with SC function remain to be elucidated.

MYOSTATIN AND DISUSE ATROPHY

Myostatin (growth-differentiation factor 8, GDF8) is a member of the transforming growth factor (TGF)β superfamily and a negative regulator of muscle mass. Myostatin appears to be primarily found in muscle tissue (McPherron et al., 1997). It has been widely reported that either natural mutations or scientific knock-out animals without myostatin gene have hypertrophied muscles such as the “double muscled” cattle (Grobet et al., 1997; Kambadur et al., 1997; McPherron and Lee, 1997) and the significant hypertrophy in a child (Schuelke et al., 2004). Myostatin knockout mice were larger in size than wild-type littermates and had over 200% greater muscle mass (McPherron et al., 1997). When myostatin gene expression is blocked experimentally, there are 13–30% increases in skeletal muscle hypertrophy (Whittemore et al., 2003).

The relationship between myostatin and atrophy is less concrete. Overexpression of myostatin appears to lead to muscle atrophy in transgenic mice (Reisz-Porszasz et al., 2003). Increased levels of myostatin mRNA and protein levels are seen as early as 1 day after HS (Carlson et al., 1999), after sciatic nerve resection (Shao et al., 2007) and after 11 days of spaceflight in mice (Allen et al., 2009) and in humans after chronic disuse (Reardon et al., 2001). Serum myostatin levels were increased by 12% after 25 days of head down bed rest (Zachwieja et al., 1999) while myostatin transcript and protein levels were both increased after 3 days of ULLS (Gustafsson et al., 2010). Increased myostatin transcript levels have been report after 5 days (Dirks et al., 2014) while after 14 days of immobilization the same group report decreased protein levels of myostatin (Snijders et al., 2014).

Myostatin appears to inhibit muscle growth through inhibiting the AKT-mTOR pathway (less protein synthesis), upregulating the ubiquitin proteasomal pathway via FOXO (more protein breakdown) (McFarlane et al., 2006) and reducing SC differentiation (Langley et al., 2002; Zimmers et al., 2002). Myostatin activates withdrawal from the cell cycle in mammalian myoblasts and stimulates quiescence rather than differentiation or apoptosis (McFarlane et al., 2008) by inhibiting MyoD activity (Langley et al., 2002; McCroskery et al., 2003; Amthor et al., 2006; Manceau et al., 2008).

Promoting quiescence is not the only influence that myostatin has on SCs. It also seems to play a role in regulating SC self-renewal in cell culture (McFarlane et al., 2008). Excess myostatin inhibited Pax-7 expression, whereas inactivation of myostatin (by genetic inactivation or functional antagonism of myostatin) resulted in increased Pax7 expression (McFarlane et al., 2008). Increased myostatin protein levels have been linked with dysfunctional SCs in aging human muscle (McKay et al., 2012). While the intricate response of skeletal muscle to ageing is outside the scope of this review, this evidence suggests that increased myostatin levels seen with atrophy may contribute to the reduced proliferative ability of SCs and the reduction in the pool of parent SCs.

Myostatin activates the SMAD pathway and SMAD3 null mice had significant atrophy combined with increased levels of MuRF1 and decreased SC function (Ge et al., 2011). This response was initiated by increased myostatin levels in the SMAD3 null mice, and the response was abolished when myostatin was inactivated in these mice (Ge et al., 2011). SMAD3 may contribute to self-renewal of SCs. Myostatin also acts via other SMAD pathways and cell signaling downstream of myostatin interacts with the IGF-1 pathway.

Follistatin is a natural inhibitor of myostatin. Animals with overexpression of follistatin have increased muscle mass (Lee and McPherron, 2001; Haidet et al., 2008), and the muscles are larger than with myostatin knock-out alone (Lee, 2007). Overexpression of follistatin appears to result in increased SC activation as well as increased protein synthesis (Gilson et al., 2009). In this study, increased fiber size was accompanied by increases in myonuclear number (Gilson et al., 2009). The further study of the role of follistatin as a therapeutic aid in maintenance of muscle mass despite atrophy-stimulating conditions is certainly warranted.

SCs have the ability to differentiate across lineages including adipogenic and myogenic lineages. In situations of disuse, there are increased levels of intramuscular adipose tissue (IMAT). The increase in adipose may be due to the reduction of regenerative capacity of SCs (Chargé and Rudnicki, 2004) which may contribute to an abnormal shift toward the adipogenic lineage such as that seen in ageing skeletal muscle (Kirkland et al., 2002). SCs from obese animals produce myotubes that have impaired insulin sensitivity. In SCs cultured from obese animals there is an increased number progressing to the adipogenic lineage rather than the myogenic lineage which suggests that metabolic conditions lead to an increased proportion of SCs entering the adipogenic pathway which may contribute to the greater fat deposit in skeletal muscle (Scarda et al., 2010). It is thought that myostatin may be one of the key regulators of SCs and may play a role in determining the fate of SCs to adipogenic lineage or myogenic lineage (Deng et al., 2012).

In summary, despite atrophy occurring in the multinucleated muscle fibers, SCs are also influenced by the molecular pathways activated during the atrophy process. The alterations in both number and mitotic ability of SCs with atrophy are mediated, at least in part through increased myostatin. The influence of myostatin (and follistatin) on the potential of both SCs and pluripotent stem cells to differentiate into different lineages, is of extreme significance for skeletal muscle health as well as for prospects of clinical medicine and therapies aimed at maintaining and positively influencing skeletal muscle.

RESTORATION OF SKELETAL MUSCLE AFTER DISUSE ATROPHY

Reapplying mechanical load appears to be the most effective method to restore muscle mass, and increase myonuclear number, SC number and regenerative capacity.

Resistance exercise increases muscle mass and by increasing the load placed on the muscle which activates the PI3-AKT-mTOR pathway and increases protein synthesis. As little as one bout of resistance exercise in healthy individuals has been reported to increase IGF1 gene expression (Chesley et al., 1992). In young individuals, resistance exercise leads to increased protein synthesis after 2–4 h (Phillips et al., 1997) and this increase is maintained for 24–48 h in untrained individuals (Phillips et al., 1997).

In models of disuse, such as bed rest and immobilization, resistance exercise alone has been reported to reduce, but not completely alleviate muscle loss. Resistance exercise during 14 days of single leg immobilization in humans was sufficient to preserve quadriceps muscle mass (Oates et al., 2010) and during bed rest exercise alone reduces loss in muscle mass (Ferrando et al., 1997). As mentioned earlier, SCs appear to be activated and used with increases in mass from resistance exercise. In an interesting model to attempt to alleviate muscle loss with immobilization, during 5 days of HS, animals undertook resistance exercise with one leg (a combination of concentric, eccentric and isometric contractions) and the other leg remained as control. The leg which exercised during the HS maintained muscle mass and myofibril content (Adams et al., 2007). The stimulus was sufficient to increase gene expression of IGF1, myogenin and decrease myostatin. Further, increased p70S6K was reported. Thus, combination resistance exercise was sufficient to counter the initial alterations of disuse-induced muscle atrophy in mice (Adams et al., 2007).

Another form of atrophy prevention is electrical stimulation and stretching. However, these interventions did not reduce atrophy after 7 days following denervation in rats (Russo et al., 2010). This intervention reduced gene expression of MyoD, MAFbx, and MuRF1 levels whilst Myostatin gene expression was maintained, but there was no reduction in atrophy (Russo et al., 2010). Neuromuscular electrical stimulation has shown promising results in 5 days of immobilization in humans (Dirks et al., 2014). Applying electrical stimulation during 5 days of immobilization prevented the muscle loss and prevented the increase in myostatin, MAFbx and MuRF1 transcript levels (Dirks et al., 2014).

Protein synthesis and degradation are influenced by nutrient intake and intake of proteins and amino acids stimulate muscle protein synthesis and inhibits protein breakdown (Rennie et al., 1982). In particular, leucine, an essential amino acid, is a powerful stimulator of protein synthesis. Carbohydrate and protein are known to stimulate protein synthesis and can positively influence IGF1-mTOR-AKT pathway to stimulate protein synthesis and prevent upregulation of FOXO, MuRF1, and MAFbx; therefore nutritional intake could be a countermeasure in reducing muscle mass loss with disuse, particularly in situations where exercise is not feasible (such as hospitalized bed rest). Essential AA have consistently been shown to influence protein synthesis and alleviate some, but not all, of the loss of skeletal muscle experienced with bed rest (Paddon-Jones et al., 2004) but not to the same extent as exercise. However, with immobilization, amino acid supplementation does not appear to reduce loss of muscle mass (Stein and Blanc, 2011). An “anabolic resistance” was observed in healthy young individuals after immobilization (Glover et al., 2008) where there was decrease in muscle size and protein synthesis was 68% greater in the non-immobilized leg compared to the immobilized leg. There was also a reduced phosphorylation of AKT and p70S6K (Glover et al., 2008). Amino acid supplementation with immobilization improved protein synthesis but did not completely alleviate alterations with immobilization (Glover et al., 2008). Twenty-eight days of immobilization with protein and amino acid supplementation (28 g protein) did not prevent increases in myostatin, MuRF1 or MAFbx compared with immobilization alone (Bunn et al., 2011). In addition, after 14 days of immobilization there was a 31% decrease in post-prandial protein synthesis rate after consuming 20 g protein (Wall et al., 2013) demonstrating that the concept of anabolic resistance to protein ingestion occurs prior to 28 days. Studies assessing the influence of amino acid supplementation on SC and myonuclear response are an essential part of the keys to understanding the role of SCs and influence of exercise and nutrition.

Amino acid supplementation alone does not appear to reduce muscle atrophy, however combined with resistance exercise they provide an effective countermeasure. Some, but not complete, preservation of muscle mass and strength was reported after 28 days of bed rest with resistance exercise combined with amino acid supplementation (Brooks et al., 2008). Interestingly, the myogenic response was more pronounced in those who did not exercise during bed rest (receiving only the AA supplement) who had greater atrophy than those who exercised (Brooks et al., 2010). Myostatin transcript levels were increased significantly in the group who did not exercise compared with those who did. There was no difference in SC numbers after 28 days of bed rest or recovery indicating that the stimulus was not sufficient to increase and sustain SCs (Brooks et al., 2010). One can speculate that gravity combined with resistance exercise is needed to stimulate SC response.

Overexpression of IGF-1 did not protect mice against muscle loss with cast immobilization. After 1 week of reambulation after immobilization, mice with IGF-1 overexpression had enhanced muscle regeneration including increased muscle size, central myonuclei and Pax7+ cells (Stevens-Lapsley et al., 2010).

During rehabilitation exercise after disuse in humans, myostatin levels were supressed and sustained at lower levels throughout rehabilitation (Jones et al., 2004; Hittel et al., 2010). The reduced myostatin levels during rehabilitation exercise may act, at least in part, by releasing the inhibition on SCs and promoting muscle recovery via SCs (as discussed earlier) as well as increased AKT levels and activity (Morissette et al., 2009; Trendelenburg et al., 2009). These interventions are key to recovery from disuse atrophy and rehabilitation to functional status.

An excellent natural model to study resistance to atrophy is hibernation. Small mammals undergo long periods of reduced activity and hypocaloric intake. Hibernating animals are protected against muscle loss—despite inactivity and anorexia (for review, see Storey and Storey, 2007). Compared to the response of non-hibernating animals, such as humans and rodents, hibernating animals appear to be resistant to atrophy with disuse (Rourke et al., 2004a,b). Larger hibernating animals also appear to avoid protein loss and maintain functional capacity of skeletal muscle (Harlow et al., 2001; Lohuis et al., 2007). Hibernating animals have elevated MAFbx levels but this is not associated with atrophy (Rourke et al., 2004b). Myostatin protein levels are not increased during early hibernation and torpor, but increase during early arousal prior to resuming normal body temperature (Brooks et al., 2011).

In general, mammals lack the ability to prevent significant atrophy with disuse or disease. Hibernating grounds squirrels provide a natural model to study mechanism of resistance to atrophy in conditions of disuse and hypocaloric intake. The response of SCs and myonuclei could prove to be extremely insightful as to the natural response of muscle to resisting atrophy. By understanding the natural response to maintain myonuclear and SC function as well as with muscle atrophy will provide insight into the factors influencing atrophy and reduced function with disuse, normally an atrophy-inducing state.

SUMMARY

Since their first discovery in the 1960s, SCs have rightly played a prominent role in skeletal muscle research. Both SCs and myonuclei respond to the environmental changes which occur with disuse atrophy. The full role which they play to establish a new homeostatic environment for the muscle fiber, and/or the surrounding niche area, and the influence that the environment has on them, remains to be elucidated. The alterations in skeletal muscle with disuse atrophy such as myostatin and IGF1-AKT-mTOR appear to influence SCs as well as muscle mass. Despite no change in SC numbers with short duration human studies (<30 days), the SCs are not quiescent when their environment is changing but rather they are responding to the alterations in the niche area. This review brings together the current knowledge of myonuclear and SC response to disuse atrophy and highlights the complexity of the response in animals and humans.
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Novel excitation-contraction coupling related genes reveal aspects of muscle weakness beyond atrophy—new hopes for treatment of musculoskeletal diseases
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Research over the last decade strengthened the understanding that skeletal muscles are not only the major tissue in the body from a volume point of view but also function as a master regulator contributing to optimal organismal health. These new contributions to the available body of knowledge triggered great interest in the roles of skeletal muscle beyond contraction. The World Health Organization, through its Global Burden of Disease (GBD) report, recently raised further awareness about the key importance of skeletal muscles as the GDB reported musculoskeletal (MSK) diseases have become the second greatest cause of disability, with more than 1.7 billion people in the globe affected by a diversity of MSK conditions. Besides their role in MSK disorders, skeletal muscles are also seen as principal metabolic organs with essential contributions to metabolic disorders, especially those linked to physical inactivity. In this review, we have focused on the unique function of new genes/proteins (i.e., MTMR14, MG29, sarcalumenin, KLF15) that during the last few years have helped provide novel insights about muscle function in health and disease, muscle fatigue, muscle metabolism, and muscle aging. Next, we provide an in depth discussion of how these genes/proteins converge into a common function of acting as regulators of intracellular calcium homeostasis. A clear link between dysfunctional calcium homeostasis is established and the special role of store-operated calcium entry is analyzed. The new knowledge that has been generated by the understanding of the roles of previously unknown modulatory genes of the skeletal muscle excitation-contraction coupling (ECC) process brings exciting new possibilities for treatment of MSK diseases, muscle regeneration, and skeletal muscle tissue engineering. The next decade of skeletal muscle and MSK research is bound to bring to fruition applied knowledge that will hopefully offset the current heavy and sad burden of MSK diseases on the planet.
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INTRODUCTION TO THE GLOBAL PROBLEM

The Global Burden of Disease Study (GBD) of 2010 estimates 1.7 billion people worldwide are affected by musculoskeletal disorders (MSDs). Among the almost 300 diseases and injuries evaluated in the GBD study of 2010, MSDs rank as the second greatest cause of disability according to the calculated years lived with disability (YLDs) for affected individuals. This equates to roughly 21.3% of all YLDs. MSDs only rank below mental and behavioral disorders with respect to this measure. Between 1990 and 2010, a 44.7% increase in the YLDs of musculoskeletal disorders was observed (Vos et al., 2010). When disorders are evaluated in terms of disability-adjusted life years (DALYs), MSDs ranked fourth below cardiovascular diseases, neoplasms, and mental disorders. DALYs give a more accurate representation of the drivers of poor health by accounting for both disability and death associated with a disorder rather than basing the impact solely on the number of deaths over time. In 2010, MSDs accounted for roughly 6.8% of total DALYs globally which increased from the estimated 4.7% in 1990 (Murray et al., 2010). The distribution and impact of MSDs is relatively equal globally as these conditions are not considered indigenous to a specific region. The GBD of 2010 suggests that healthcare systems need to focus on developing a policy to deal with the increasing burden caused by MSDs (Murray et al., 2010; Vos et al., 2010).

Musculoskeletal disorders include a variety of conditions that affect muscles, bones, and joints throughout the body. The impact of MSDs on daily life ranges from minimal discomfort to debilitating pain that considerably affects the performance of simple everyday activities. In terms of severity, MSDs encompass a broad spectrum of symptoms ranging from minor conditions to major disorders, including arthritis, back and neck pain, and muscle wasting disorders. In this review we will focus on some of the most severe of these disorders, specifically skeletal muscle wasting disorders that have the broadest impact on human health and patient outcomes. The increased prevalence of muscle wasting disorders appears to be in part due to the increasing life span of humans with age as a contributing factor in approximately one-third of documented MSDs (561 million people). A 49.9% increase in DALYs between 1990 and 2010 was observed for all types of muscle wasting disorders, which is slightly larger than the change observed for MSDs in general (Murray et al., 2010). Muscle wasting is a comorbidity of the ever increasing conditions of heart failure and cancer in addition to its association with skeletal muscle disorders. With its rise in prevalence, muscle wasting disorders and their underlying mechanisms are of great importance in an effort to provide appropriate treatments (Teixeira Vde et al., 2012). While multiple MSDs contribute to changes in human health, skeletal muscle wasting will be the major focus of this review.

MUSCLE WASTING DISORDERS

MUSCLE WASTING IS MUCH MORE THAN MUSCLE LOSS

In skeletal muscle, the number of cells (muscle fibers) present in an anatomical muscle stabilizes early in life and remains constant into adulthood, after which time increased muscle mass and strength is dependent on an increase in the size of muscle fibers (hypertrophy). Injured muscle fibers can be repaired or replaced by activation of neighboring satellite cells that will proliferate and repair damaged muscle fibers. A decrease in muscle fiber size is a factor contributing to muscle weakness. While muscle weakness is a shared characteristic of many skeletal muscle wasting disorders including atrophy, sarcopenia, myopathy, and others, the long term outcome of these disorders in addition to the biochemical and molecular processes driving them can be distinct (Romanick et al., 2013). For this reason, further research on the mechanisms behind each disorder and evaluation of possible therapeutic interventions for the associated muscle weakness is of vital importance.

Atrophy is the loss of myofiber size and quantity most commonly due to disuse of muscles (Lexell, 1993; Brooks and Faulkner, 1994; Schakman et al., 2013). While the pathophysiological effects of atrophy caused by inactivity can typically be restored by physical activity, these effects are not easily reversed in situations such as sarcopenia and other muscle wasting disorders (Faulkner et al., 1995; Bortz and Bortz, 1996; Gonzalez et al., 2000; Zahn et al., 2006; Romero-Suarez et al., 2010). In these conditions, recovery of muscle strength caused by the functional and physical loss of muscle fibers is very difficult. This continued and irreversible detrimental effect on muscle fibers leads to fragility and eventually hinders the quality of life and independence of individuals. Sarcopenia has been specifically referred to as muscle atrophy and wasting that accompanies aging. A variety of molecular targets and processes proposed to be involved in sarcopenia include muscle proteolysis, increased cellular autophagy, aberrant activation of Ca2+-activated proteases and proteasomes, and dysfunction or loss of satellite cells (Teixeira Vde et al., 2012; Romanick et al., 2013). While sarcopenia is considered a normal part of healthy aging, studies suggest that the progression of sarcopenia can be slowed if the specific molecular process responsible for its pathophysiological effects can be determined and specifically targeted (Romanick et al., 2013). In fact, the complexity of these diseases associated with muscle wasting is further compounded by an intriguing signature where muscle mass does not necessarily match functional status (i.e. muscle contractile force and muscle power) (Lowe et al., 2002, 2004; Romero-Suarez et al., 2010; Manini and Clark, 2012; Russ et al., 2012). Multiple factors contribute to this phenomenon, including increased fatty infiltration and an increased prevalence of myosin type I expression in aging skeletal muscle. While the loss of muscle mass itself is detrimental to health because of its obvious metabolic consequences, the loss of functional capacity surpasses the muscle content loss and aggravates these conditions (Lowe et al., 2002, 2004; Mitchell et al., 2012; Romanick et al., 2013).

It is important to distinguish between muscle wasting and muscle weakness that can be two distinct processes involving loss of muscle mass or loss of functional muscle output respectively. Muscle weakness itself is a major contributor to morbidity, risk of falls, and mortality (Brotto and Abreu, 2012). Our research groups have proposed since the early 2000's that the definition of sarcopenia for example must not be limited to “loss of muscle mass.” It is still puzzling that despite many recent efforts sarcopenia is not defined as a disease; an International Disease Code (IDC) still does not exist for sarcopenia, which should be defined as a disease of aging characterized by a loss of muscle strength that surpasses the loss of muscle mass. Muscle fatigue is another essential characteristic of muscle that is commonly affected in muscle wasting disorders and in the aging process. In general, muscle fatigue is defined as a reversible decline in the ability of a muscle to create force either due to repetitive or continued activity. Muscle fatigue is thought to be a biological process to minimize damage to muscles that is produced by overexertion; however, the exact cellular mechanisms contributing to muscle fatigue remain to be fully clarified (Bruton et al., 1998; Nagaraj et al., 2000; de Paula Brotto et al., 2001; Brotto et al., 2002). A better understanding of muscle weakness, atrophy and fatigue are necessary to be able to develop medical interventions to restore muscle strength and reduce the fatigability of muscles, which are essential for effective treatment of muscle wasting disorders (Romanick et al., 2013).

MUSCLE MYOPATHIES

A GENERAL DEFINITION

Myopathies are a distinct group of muscle wasting disorders. Myopathies are neuromuscular disorders in which the main symptom is muscle weakness caused by dysfunction of muscle fibers (Chawla, 2011). There are many types of myopathies including inherited myopathies such as muscular dystrophies and acquired myopathies (Sewry, 2008). The distinct biochemical and cellular mechanisms underlying the pathology of these myopathies lead to greatly varied prognoses and treatments. Only palliative care is currently available for many of these disorders due to the limited understanding of their pathology.

THE SPECIAL CASE OF ETHANOL-INDUCED MYOPATHY

Ethanol-induced myopathy is acquired following excessive and/or chronic consumption of alcohol and is roughly five times more common than alcoholic cirrhosis (Estruch et al., 1993). Multiple studies have confirmed the prevalence of this myopathy and determined that loss of muscle bulk as well as weakness is the result. Abstinence and nutritional support facilitates recovery of these patients but muscle strength does not revert to baseline values suggesting this is an irreversible process (Urbano-Marquez and Fernandez-Sola, 2004). While the causative agent of this myopathy has been known, the steps leading to its development are unknown. Over the past 30 years progress has been made in understanding of this disease entity. The mechanisms underlying this multi-factorial disease include disruption of protein metabolism, signal transduction, and improper gene regulation (Urbano-Marquez and Fernandez-Sola, 2004; Noordzij et al., 2007; Gonzalez-Reimers et al., 2010; Chawla, 2011). In vivo and in vitro studies using models for alcohol-induced myopathy observed a decrease in muscle mass specifically fast twitch (Type II) fibers with multiple possible contributory mechanisms identified. Protein synthesis of myofibrillar proteins is impaired at the initiation step of translation by alcohol (Preedy and Peters, 1988; Urbano-Marquez et al., 1995; Lang et al., 1999). Analysis of mRNA and protein expression following chronic and acute alcohol exposure determined multiple pathways and processes are modified by alcohol including the ATP-dependent multi-catalytic proteasome pathway. In skeletal muscles, alcohol induced apoptosis and changed expression and activity of the mTOR pathway (Lang et al., 2003; Nakahara et al., 2003, 2006; Hong-Brown et al., 2006). An additional contributory mechanism being evaluated in this disease is oxidative damage due to increased reactive oxygen species or changes in prevalence of antioxidants (Hofer et al., 2005; Fernandez-Sola et al., 2007). Recently, corollary studies by Preedy et al. have firmly established that ethanol-induced myopathies could account for more than 50% of all cases of myopathies (Preedy et al., 2001a,b). Despite the prevalence of this syndrome, effective treatments to either prevent or to cure this condition remain unavailable.

MUSCULAR DYSTROPHY

Muscular dystrophies encompass another group of degenerative myopathies which involve progressive muscle weakness that often presents at birth or starting in early childhood However, there are many types of muscular dystrophy that vary in their underlying genetic foundation, the severity of disease including the body regions affected, the time of onset, and the rate of disease progression. These distinct types are associated with perturbations of various genes including DYSF (dysferlin), DUX4 (double homeobox 4), LMN (Lamin), and the DMD gene that encodes the dystrophin protein (Rahimov and Kunkel, 2013). Disruption of these genes and several others lead to muscle damage partially attributed to defects in sarcolemmal membrane stability and repair. This damage is associated with progressive muscle weakness, which appears to have a greater functional consequence than loss of muscle mass.

Duchenne muscular dystrophy (DMD) is a recessive X-linked form of muscular dystrophy that affects approximately 1 in 3600 boys. Symptoms of DMD tend to appear at or before six years of age with muscle weakness in the legs and pelvis followed by other body regions as the disorder progresses. Muscle deterioration and immobility eventually lead to paralysis with an average lifespan of around 25 years. The observed muscle degeneration is associated with mutations in the dystrophin gene. Dystrophin is an important structural component of the dystroglycan complex of the cell membrane that contributes to maintaining muscle fiber strength, preventing muscle injury, and retaining the mechanical stability of muscle cells (Rahimov and Kunkel, 2013). Absence of functional dystrophin protein leads to increased membrane fragility, myocyte death, fibrosis, and progressive loss of muscle strength. While more is known regarding the genetic perturbations underlying DMD, available treatments to counteract or prevent debilitating muscle weakness are still limited and lack efficacy for this and other muscular dystrophies (Rahimov and Kunkel, 2013).

CENTRONUCLEAR MUSCLE MYOPATHIES

Centronuclear myopathies (CNMs) are inherited neuromuscular disorders with features of congenital myopathy that are characterized by a high proportion of myofibers with centrally located nuclei (Wallgren-Pettersson et al., 1995; Pierson et al., 2005; Tosch et al., 2006). Normally, the nucleus is found along the edges of rod-shaped muscle cells but in people with CNM the nucleus is located in the center of these cells. It is unclear exactly how the change in the location of the nucleus directly affects muscle cells. It is likely that absence of the cellular mechanism responsible for moving nuclei to the periphery, which could involve defects in the cytoskeleton, is involved in the etiology of this myopathy (Jungbluth et al., 2008). Centronuclear myopathies are divided into forms based on their proposed pattern of inheritance, associated symptoms and muscle pathology. Mutations to the dynamin 2 gene (DNM2) were recently associated with the autosomal dominant form of CNM while X-linked CNMs were associated with mutations in DNM2, AMPH (amphiphysin), MTM1 (myotubularin) and most recently MTMR14 (myotubularin-related protein-14) genes (Laporte et al., 1996, 2003; Jungbluth et al., 2008; Romero, 2010; Romero and Bitoun, 2011). How mutations to these genes lead to the observed muscle weakness and other specific features of these myopathies is unclear but it is suggested that intracellular trafficking of essential molecules is disrupted. The functional impact of the observed progressive muscle weakness in CNMs is much greater than would be expected if based simply on the loss of muscle mass leading to interest in exploring other aspects of muscle physiology including muscle strength and fatigue.

A LOOK AT KEY GENETIC PERTURBATIONS UNDERLYING MUSCLE WASTING DISORDERS

Many genes have been proposed to be associated with various muscle wasting disorders but the mechanisms by which these perturbations cause the observed pathology is complex and remains unclear (Sewry, 2008). These proposed genes are involved in a multitude of biochemical processes that are essential for proper functioning of skeletal muscles including but not limited to stabilizing cell membranes, Ca2+ handling required for proper contraction and relaxation of muscles, and proper ubiquitin-mediated degradation of proteins (Teixeira Vde et al., 2012). While the loss of muscle mass is a critical part of these disorders, ultimately it is the progressive muscle weakness that increases the morbidity and mortality associated with musculoskeletal disorders. By understanding the biochemical processes leading to the observed phenotypes, treatments and therapeutics can be designed to reduce the functional impact of muscle weakness and slow its progression.

Skeletal muscle serves many functions throughout the human body beyond controlling muscle contraction including the more recent focus on its role in body metabolism and in metabolic and physical inactivity disorders. In this section, the unique key functions of specific genes, including MTMR14, SAR (sarcalumenin), MG29, and KLF15, will be discussed. Over the past few years, these genes have provided novel insights about muscle function in health and disease including muscle fatigue, muscle metabolism, and muscle aging (see Figure 1). These are major health issues as indicated by the large global impact of musculoskeletal disorders on both morbidity and mortality.
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FIGURE 1. Schematic drawing of the triad junction, the chief site of the E-C coupling process in skeletal muscles. The predicted localization of the four genes/proteins emphasized in this review article is shown and they are represented in different colors along with the Dihydropyridine Receptor (DHPR), the Ryanodine Receptor type 1 (RyR1) and Calsequestrin (CSQ). In young muscles E-C coupling is effectively maintained through coordinated actions of the E-C coupling machinery and the optimal participation of MG29, MTMR14, SAR, and KLF15. Their concentration and/or effectiveness is reduced with aging, which associates with structural changes of the triad junction itself. Together these biochemical and morphological changes contribute to the reduced coupling between depolarization of the sarcolemma and contraction due to the reduced calcium release capacity of aged muscles. In summary, “E-C coupling quality” is reduced in aged muscles, and becomes a key factor to reduced muscle quality during aging. The steps of the E-C coupling process are described in detail in the text. In skeletal muscles, depolarization of the sarcolemma and its invaginations (t-tubules) represented by the lightning bolt in yellow color alters the configuration of the DHPR, which modifies its interaction with RyR1, leading to the dominant type of calcium release in skeletal muscle (depolarization-induced calcium release, DICR). This initial release phase can be further amplified by a secondary mechanism, calcium-induced calcium release (CICR), the main release mechanism in cardiac muscles. The structural deformation as well as the lack of organized triads is a hallmark of aged muscles and also common in other diseases covered in this article. Not detailed in this figure is the process of calcium entry or re-entry, store-operated calcium entry (SOCE), responsible for continual refilling of the sarcoplasmic reticulum (SR). SOCE is also reduced with aging, which we have postulated contributes to sarcopenia and to the un-matching between muscle mass and muscle contractile force during aging, since force/power decrease significantly more than the observed decrease in muscle mass. We foresee that new generations of drugs could be developed to specifically target the different steps of E-C coupling in disease states to increase efficiency of Ca2+ handling.



MTMR14 PLAYS A KEY ROLE IN CALCIUM HOMEOSTASIS AND REGULATION OF AUTOPHAGY IN SKELETAL MUSCLE CELLS

Myotubularin (MTM) and myotubularin-related (MTMR) genes belong to a family of genes that encode dual-specificity phosphatases that modify phosphoinositides and regulate membrane traffic (Dowling et al., 2009, 2010). Genes in this family are shown to be important in muscle cell differentiation and mutations to MTM and MTMR genes are observed in patients with specific centronuclear myopathies (Laporte et al., 1996, 2003; Wishart and Dixon, 2002; Dowling et al., 2009, 2010). In 2010, multiple research groups identified mutations to MTMR14, one member of this gene family, in several patients with CNMs and in sarcopenia (Tosch et al., 2006; Dowling et al., 2009; Romero-Suarez et al., 2010). The MTMR14 gene was first identified as a cytoplasmic localized phosphatase specific to skeletal and cardiac muscle (Tosch et al., 2006; Vergne et al., 2009). Initially, this gene was named as muscle-specific inositol phosphatase (MIP) or Jumpy but when this gene was found to have high homology to the catalytic motif of myotubularin family proteins, it was renamed MTMR14 (Alonso et al., 2004; Tosch et al., 2006; Shen et al., 2009). MTMR14 specifically targets 1-O-(3-sn-phosphatidyl)-1D-myo-inositol 3-(dihydrogen phosphate) (phosphatidylinositol 3-phosphate (PtdIns(3)P)) and L-alpha-phosphatidyl-D-myo-inositol 3,5 bisphosphate, dipalmitoyl (phosphatidylinositol 3,5-diphosphate (PtdIns(3,5)P) substrates (Tosch et al., 2006; Dowling et al., 2009; Gibbs et al., 2010; Romero-Suarez et al., 2010). The products of this reaction are PtdIns and PtdIns(5)P, which are involved in cytoskeletal dynamics and intracellular membrane trafficking.

Using MTMR14 specific knockout mice, a number of research groups explored the function of MTMR14 and identified MTMR14 as a contributory factor in sarcopenia. Initial studies in these mice found excess PtdIns(3,5)P in skeletal muscle cells confirming this as a substrate of MTMR14 and suggesting this substrate plays an active role downstream (Shen et al., 2009; Romero-Suarez et al., 2010). Altered abundance of this phosphoinositide substrate and other phosphoinositides can cause defects in Ca2+ homeostasis thus creating a possible link for MTMR14 function in skeletal muscle pathophysiology.

Brotto and collaborators observed young MTMR14 knockout (KO) mice exhibited impaired Ca2+ homeostasis, decreased muscle contractile force, and loss of muscle mass, all of which are reminiscent of aging (Figure 1). In comparing muscles of young and old wild type mice, levels of MTMR14 protein were reduced in older wild type mice (Romero-Suarez et al., 2010). Similarly, Shen et al. found mtmr14−/− mice were prone to greater skeletal muscle fatigue and these mice showed decreased motor function including decreased walking speed and decreased running time prior to exhaustion. Extensor digitorum longus (EDL) muscles of these knockout mice had a 60% decrease in force-generating capacity and a prolonged relaxation profile post-muscle contraction compared to wild type mice of the same age. When the fatigue-resistant, slow-twitch soleus muscles of these KO mice were examined, they showed a shift toward higher frequencies while exhibiting greater fatigue and diminished recovery post-fatigue (Shen et al., 2009). This shift may reflect lesser Ca2+ release from the SR, therefore at higher frequencies of stimulation more calcium can be released. These defects could be explained by the alterations in calcium homeostasis, particularly the reduced availability of calcium for effective calcium release during contraction/relaxation cycles.

Knockout mice also exhibited defects in the regulation of Ca2+ levels including elevated resting Ca2+ concentrations, decreased Ca2+ content in the sarcoplasmic reticulum (SR), and prolonged release or defective Ca2+ clearance in these muscles. While store-operated calcium entry (SOCE) was functional in these mutant muscles, it was severely blunted and associated with muscle weakness and impairment of muscle relaxation. The findings from MTMR14 knockout mice point to a role of the MTMR14 phosphatase in regulating Ca2+ essential for excitation-contraction coupling and SOCE function. Defects in these processes result in muscle fibers that are more susceptible to exercise-induced muscle damage and will lead to muscle weakness, both of which are trademarks of muscle wasting especially in sarcopenia (Zhao et al., 2008; Romero-Suarez et al., 2010) (Figure 1). For example, elevated levels of Ca2+ can lead to activation of proteolytic enzymes and dysfunctional autophagy. Dowling et al. (2010) determined that while MTMR14 is required for motor function, it is not essential for myocyte homeostasis or normal embryonic development. Morpholino-mediated knockdown of MTMR14 in zebrafish resulted in morphological abnormalities and a developmental motor phenotype characterized by diminished spontaneous contractions and impaired excitation-contraction coupling. Unlike knockdown of another member of this gene family, MTM1, in this model, knockdown of MTMR14 did not affect muscle ultrastructure (Shen et al., 2009). MTMR14 appeared to act in concert with MTM1 in the development of muscle pathology since simultaneous knockdown of both genes impaired motor function and muscle ultrastructure (Dowling et al., 2009). The resulting phenotype was more severe than that observed with knockdown of either gene alone. Analysis following the knockdown of both of these genes suggested the phenotype observed is likely mediated by an increase in autophagy (Dowling et al., 2010). Defects in Ca2+ homeostasis observed in mtmr14−/− mice may be an initiator of this observed autophagy.

The role of MTMR14 as a negative regulator of autophagy was further evaluated by Gibbs et al. who observed several mutations in the MTMR14 gene in cases of CNM (Gibbs et al., 2010). In these studies, knockdown of MTMR14 in vitro and in vivo significantly changed muscle function especially in embryos where decreased developmental motor activity and pronounced fatigability were observed. Knockdown also increased basal and starvation-induced autophagy of muscle cells demonstrated by increased LC3-II levels (Vergne et al., 2009; Dowling et al., 2010). During autophagy, the cytoplasmic form of LC3 (LC3-I) is processed to create LC3-II, which is recruited to autophagosomes. This conversion is used to monitor autophagic activity and LC3-II is considered an autophagic marker. A possibility that MTMR14 may act as a modifier of disease rather than direct cause has been raised. While function-altering MTMR14 mutations have been found in sporadic cases of centronuclear myopathy, one of these patients also carried a disease-associated mutation in DNM2. A more severe phenotype was observed in this patient than patients with only the DNM2 mutation suggesting MTMR14 was not the primary cause of disease but did have a role in exacerbating the phenotype (Bitoun et al., 2005; Dowling et al., 2010).

The mutation of MTMR14 in cases of CNM and the decreased presence of MTMR14 protein in muscles from aged mice suggest the importance of MTMR14 in muscle physiology and pathophysiology. MTMR14 studies have identified its roles in regulating the abundance of phosphatidylinositol phosphates, which observably alters Ca2+ homeostasis. Changes in Ca2+ concentrations are a known inducer of autophagy supporting the increased levels of autophagy observed following MTMR14 knockdown (Bonaldo and Sandri, 2013; Smaili et al., 2013). Functionally, MTMR14 affected muscle performance specifically muscle fatigue and muscle weakness.

One key message from these MTMR14 studies is that finely controlled levels of phosphoinositides in muscle cells is essential for maintaining Ca2+ homeostasis and enabling effective muscle performance. Improper regulation of Ca2+ concentrations by any means, including that observed with these MTMR14 studies, interferes with excitation-contraction (E-C) coupling, which is another physiological process fundamental to muscle pathology. E-C coupling, the conversion of an electrical stimulus by cells to a mechanical response, is aberrantly regulated in various pathologies including muscle wasting disorders (Yoshida et al., 2005; Rossi and Dirksen, 2006). In skeletal muscle, E-C coupling requires two specific proteins, the sarcoplasmic reticulum Ca2+ release channel (known as the ryandonine receptor or RyR) and voltage-gated Ca2+ channels (known as dihydropyridine receptors or DHPRs). Depolarization of the membrane potential of these cells by an action potential activates voltage-gated DHPRs. This activates RyR type 1 via physical linkage and conformational changes. As RyRs open, Ca2+ is released from the SR into the junctional space then diffuses into the cytoplasm to cause a Ca2+ transient (Bellinger et al., 2008; Andersson et al., 2011). Ca2+ released into the cytoplasm binds to Troponin C on actin filaments to produce force or contraction of the cell. The sarco/endoplasmic reticulum Ca2+ ATPase (SERCA) pumps Ca2+ back into the SR and with this the force begins to decline and relaxation occurs. The SR is the dynamic Ca2+ governor in muscle cells that receives feedback allowing it to maintain SR and cytoplasmic Ca2+ levels. The SR contains an elaborate set of Ca2+ regulating proteins including luminal Ca2+ binding proteins involved in Ca2+ storage, SR Ca2+ release channels, and SERCA pumps for Ca2+ reuptake. Spatial and temporal control of Ca2+ uptake, Ca2+ buffering, and Ca2+ release is maintained by these highly organized Ca2+ regulatory proteins in the SR (O'Connell et al., 2008) (Figure 1).

SARCALUMENIN FUNCTIONS IN CALCIUM HANDLING

Another gene related to E-C coupling with a role in muscle pathology is sarcalumenin (SAR). Similar to calsequestrin, sarcalumenin is a Ca2+ binding protein localized to the sarcoplasmic reticulum of the intracellular Ca2+ store of striated muscle cells. While calsequestrin and sarcalumenin are both Ca2+ binding proteins of the SR, they are located in different regions of the SR. Sarcalumenin observably colocalizes with SERCA. Two isoforms of SAR, a 160 kDa and a 35 kDa glycoprotein are formed as the products of alternative splicing of the primary transcript (Leberer et al., 1989, 1990). The SAR luminal protein binds Ca2+ with high capacity but low affinity (Zhao et al., 2005). Increased SAR expression during muscle development suggests its role in proper functioning of mature SR (Yoshida et al., 2005). Currently, sarcalumenin is considered to be important in the release and uptake of Ca2+, which is the essential second messenger of the excitation-contraction-relaxation cycle in skeletal muscle cells (Yoshida et al., 2005; Rossi and Dirksen, 2006; O'Connell et al., 2008). Using a SAR knockout mouse, Yoshida et al. determined that while SAR is not essential for fundamental muscle function, it does play a role in improving Ca2+ handling functions of the SR in striated muscle. Muscle from sar−/− mice exhibited weakened Ca2+ uptake in isolated SR vesicles. In mutant muscles, expression of SERCA protein was decreased while levels of the mRNA remained consistent with wild type muscles. Sarcalumenin unlike most proteins of the SR lacks the four amino acid (KDEL) ER/SR retention signal so it is likely that the direct interaction of SAR with SERCA serves this function (Leberer et al., 1990; Yoshida et al., 2005; Dowling et al., 2009). This is suggestive of SAR acting as a chaperone of SERCA and its involvement in SERCA turnover since the absence of SAR directly impacts the abundance of SERCA protein. Together these findings suggest SAR contributes to Ca2+ buffering and the maintenance of Ca2+ pump proteins, both of which are essential for E-C coupling and retaining muscle strength. From current research, it remains inconclusive whether SERCA content or a combination of SERCA content and buffering capacity is responsible for the observed effects linked to sarcalumenin expression.

Reduced levels of SAR protein were detected in the dystrophin deficient mdx mouse model of muscular dystrophy leading Zhao et al. to further evaluate its role in muscle wasting (Dowling et al., 2004; Zhao et al., 2005). The sar−/− mouse model exhibited enhanced fatigue resistance. This finding was determined by evaluating the Ca2+ ion storage function of the contractile machinery using single, mechanically skinned muscle fibers loaded with two calcium dyes, one that specifically reported t-tubule calcium and the other that reported SR calcium (Zhao et al., 2005). A number of key findings were obtained using this method for comparison of wild type and sar−/− mice. Muscle fibers from SAR deficient mice showed elevated SOCE activity as previously observed and reduced fatigability. Putting the findings from these studies together suggests the fatigue resistant phenotype of sar−/− mice is likely due to more effective E-C coupling and SOCE observed in these muscles.

While ATP is thought to play a major role in fatigue, it is typically associated with long-term fatigue under specific conditions. It has been demonstrated by many laboratories that a major culprit in the muscle fatigue process is dysfunctional intracellular calcium homeostasis, specifically impaired Ca2+ release from the SR. In normal muscles, calcium stores are more easily depleted than ATP stores and normal muscle function is directly related to Ca2+ availability. As less Ca2+ becomes available with each contraction/relaxation cycle, fatigue will develop if SOCE is reduced (Brotto et al., 2002; Weisleder et al., 2006; Allen et al., 2008; Place et al., 2009). The studies discussed here concluded the role of sarcalumenin in SOCE function may be useful in reducing or reversing weakness associated with various muscle wasting disorders. Additionally, these studies raised the possibility that the reduced levels of SAR protein observed in mdx mice could be interpreted as a compensatory mechanism of adaptation in muscles from these mice in an effort to improve muscle function (Zhao et al., 2005). Further studies suggested that another gene Mitsugumin-29 (MG29), might be involved with the compensation observed in the sar−/− muscle.

MG29 FUNCTIONS IN MUSCLE FATIGUE AND STORE-OPERATED CALCIUM ENTRY

MG29 is another protein of interest for its identified role in muscle physiology and pathology. Over the last ten years, research has evaluated the role of MG29 in muscle fatigue and SOCE. Using an extensive proteoimmunologic library of antibodies that targeted proteins of the triad junctional membrane structures of skeletal muscle, MG29 was one of the most significant proteins identified (Takeshima et al., 1998). Mitsugumin-29 (MG29) is a member of the synaptophysin family of transmembrane proteins that has been extensively evaluated for their role in muscles. MG29 is almost exclusively expressed in skeletal muscle fibers (Takeshima et al., 1998). MG29 contains four transmembrane domains with a cytoplasmic amino and carboxy terminus. The transmembrane domains allow MG29 to localize at both the transverse (t-) tubular membrane and the SR membrane of the triad junction, which suggests a possible role of MG29 in mediating communication between t-tubular and junctional SR membranes (Thomas et al., 1988, 1998; Thomas and Betz, 1990).

Besides the homologous amino acid sequence, MG29 also shares other characteristic structural features with members of the synaptophysin family of neurotransmitters. Synaptophysin was identified as an abundant immunogenic membrane protein of small synaptic vesicles and is also found in neurosecretory granules (Thomas et al., 1988, 1998; Thomas and Betz, 1990). The structural role of synaptophysin in synaptic vesicle biogenesis and its tight interaction with other proteins of the synaptic vesicle membrane contribute to its essential role in neurotransmitter secretion (Thiele et al., 2000). Similarities between the structure and localization patterns of MG29 to synaptophysin suggest MG29 has an important role in modulating membrane structures in skeletal muscle. Skeletal muscle is one of the most plastic tissues in the human body and since normal muscle physiology requires the formation and maintenance of complex membrane structures, it has been proposed that MG29 may be the structural counterpart of synaptophysin in skeletal muscle biogenesis and maintenance (Booth et al., 2000; Booth and Vyas, 2001).

Mutations of MG29 have not been observed in specific skeletal muscle wasting disorders; however, its expression and abundance are observed to vary under certain conditions. For example, MG29 expression is known to decrease in aging mouse skeletal muscle (Weisleder et al., 2006). To determine the physiological role of MG29 in normal muscle function and possibly in muscle pathology, an MG29 knockout mouse was established. The MG29 null mouse was the first experimental indication of the role MG29 plays in muscle membrane integrity. Skeletal muscle from these mice showed multiple abnormalities in membrane structure specifically around the triad junction. Within the triad junction, t-tubules appeared swollen and the SR networks were poorly formed with fragmented structures (Nishi et al., 1999; Thiele et al., 2000). Based on what is known regarding synaptophysin, these findings suggest MG29 functions in membrane fusion associated with the creation and maintenance of membrane structures in the triad junction.

Considering the extent of malformation of the triad junction membrane ultrastructure, the lack of a functional impact of MG29 knockout was surprising so the phenotype was further evaluated under conditions of physiological stress (Nagaraj et al., 2000). During treadmill running, MG29 knockout mice ran significantly less and were unable to sustain physical activity for the extended period of time compared to littermate controls suggesting a direct role of MG29 in muscle performance specifically during increased physical activity. Additional ex vivo muscle contractility assays confirmed increased fatigability in isolated mg29−/− muscles. MG29 null muscles fatigued to a greater extent while also recovering less after fatigue. These muscles also produced less force than wild type control mice even with the addition of caffeine. These findings continue to suggest that E-C coupling in MG29 ablated skeletal muscles is disrupted since muscle fatigue was reduced in mg29−/− muscles when Ca2+ was removed from the extracellular medium and by pharmacologically blocking extracellular Ca2+ entry (Nagaraj et al., 2000). It is clear that the inability of humans to sustain physical activity may lead to chronic degenerative diseases, reduced muscle function, and muscle wasting (Booth et al., 2000). However, the contribution of changes in fatigability to sarcopenia and age related frailty has not been fully resolved as some reports indicate some degree of fatigue resistance develops during muscle aging (Gonzalez and Delbono, 2001a,b). Given that MG29 levels decrease in aging skeletal muscle these findings show that muscle aging is a multivariate situation where changes in multiple factors contribute to the development of aging phenotypes, and emphasize the need for additional studies in this important area of investigation (Weisleder et al., 2006).

The implication of extracellular Ca2+ entry as a major factor in muscle fatigue in mg29−/− muscle lead to investigation of whether store-operated calcium entry (SOCE) is altered in these muscles compared to wild type control muscles. SOCE is an extracellular calcium entry pathway. In SOCE, reduced Ca2+ concentration in the intracellular stores of the sarcoplasmic reticulum induces influx of Ca2+ from the extracellular space to replenish the diminished Ca2+ stores. While SOCE functions in many different cell types, it is extremely important in the physiology of excitable cells such as muscles and neurons (Albert and Large, 2003; Ma and Pan, 2003; Nilius, 2004; Targos et al., 2005; Ma et al., 2006; Lewis, 2007). Disruption of SOCE activity results in various physiological pathologies (Nilius, 2004; Targos et al., 2005). Its impairment can lead to numerous disorders including cancer and primary immunodeficiency and is being continually researched for its possible role in Alzheimer disease and age-related muscle weakness (sarcopenia) (Nilius, 2004; Targos et al., 2005; Lewis, 2007). The diverse pathologies linked to SOCE is likely due to the wide ranging importance of Ca2+ as a second messenger in controlling cellular functions including contraction, secretion, gene expression, and cell cycle.

SOCE is important in long term maintenance of Ca2+ homeostasis since it is the mechanism by which additional Ca2+ is provided for muscle contraction under conditions where SR Ca2+ is depleted such as fatigue, intense exercise, and some pathologies (Zhu and Birnbaumer, 1998; Elliott, 2001; Putney et al., 2001; Parekh and Putney, 2005; Yoshida et al., 2005; Zhao et al., 2005, 2008). Elevated SOCE can also be detrimental as increased resting intracellular Ca2+ concentrations potentially underlies development and progression of the muscle injury observed with muscular dystrophy (Brotto et al., 2002). Together, these differential effects of aberrant SOCE suggest its fine-tuned modulation is essential for overall skeletal muscle health. Reduced SOCE was displayed in MG29 null muscles supporting a role of Ca2+ entry in the observed phenotypic changes (Pan et al., 2002). mg29−/− muscles fatigued to a greater extent when blockers of SOCE were employed which suggests that the main problem in Ca2+ handling is due to reduced SOCE leading to reduced SR calcium storage. Additional studies using more specific SOCE antagonists and genetically silencing players in SOCE will shed more light on this mechanism. Aberrant reduction of SOCE was mirrored in aged skeletal muscles, which also demonstrated decreased expression of MG29 protein resulting in a direct correlation of MG29 protein levels and fatiguing of skeletal muscles.

Additional evidence to support the role of MG29 in SOCE and muscle fatigue stems from the sarcalumenin knockout mouse previously discussed (Yoshida et al., 2005). Muscles isolated from sar−/− mice exhibited reduced fatigability and elevated SOCE activity compared to wild type mice. These observed features correlated with increased abundance of MG29 (Zhao et al., 2005). Based on the increased susceptibility of MG29 null muscles to fatigue, it is proposed that the increased presence of MG29 in sar−/− mice may be compensatory for the loss of SAR. The compensatory mechanism would contribute to enhanced Ca2+ release from the SR and more efficient SR coupling in these muscles. This finding further supports the role of both MG29 and sarcalumenin in maintenance of Ca2+ homeostasis and suggests both genes as targets for restoring muscle strength. Putting all these findings together, MG29 may function as a sentinel against age related dysfunction in skeletal muscle by its likely role in regulation of SOCE. MG29 and SAR may serve as therapeutic targets for pathophysiologic muscle conditions including aging and dystrophy where muscle fatigue and strength are impacted. The two main physiologic effects on skeletal muscle by muscle wasting disorders are the physical loss of muscle mass and increased muscle weakness. Both are important processes in the effort to maintain proper functioning of skeletal muscles especially with age. The genes covered above, MTMR14, SAR, and MG29, are being heavily researched for their role in muscle weakness and the induction of fatigue in these disorders. On the other hand, KLF15 has been evaluated for its role in the loss of muscle mass and its possible role in muscle weakness.

KRUPPEL-LIKE FACTOR 15

Kruppel-Like Factor 15 (KLF15) belongs to the Kruppel-like factor (KLF) family of transcription factors in a zinc-finger class of DNA binding transcriptional factors. Their transcriptional activity makes their function critical in muscle physiology and muscle pathophysiology. KLFs include three Cys2/His2 containing zinc fingers, all of which are located at the extreme c-terminus of the protein. The seven residues separating these zinc fingers are also highly conserved but the non-DNA binding regions of these factors are highly divergent allowing modulation of transactivation or transrepression and mediating protein-protein interactions (Bieker, 1996; Turner and Crossley, 1999; Haldar et al., 2007, 2012; Pearson et al., 2008) This sequence variation likely contributes to the varied expression patterns and functions of the family members. KLFs are differentially expressed in development as well as in response to physiological stresses and are found to play critical roles in cardiovascular biology and in muscle biology, including skeletal muscle (Yamamoto et al., 2004; Haldar et al., 2007). Of specific interest in skeletal muscle biology is KLF15. KLF15 is expressed in all three types of muscle and is known to be a negative regulator of hypertrophic remodeling within the heart by repressing key features required for the hypertrophic process (Fisch et al., 2007; Haldar et al., 2007, 2012).

Research over the past ten years has discovered the importance of KLF15 in skeletal muscle metabolism for both amino acid catabolism and lipid utilization. Its role in metabolism may contribute to its association with muscle atrophy. In two separate studies, KLF15 was evaluated for its function in muscle atrophy and hypertrophy. Schakman et al. researched KLF15 expression in response to glucocorticoids (GC). Long term administration of glucocorticoids as treatment for specific diseases results in debilitating muscle atrophy (Schakman et al., 2013). Biochemically, glucocorticoids were found to increase the rate of protein breakdown and decrease the rate of protein synthesis thus contributing to a loss of muscle mass (Tomas et al., 1979; Goldberg et al., 1980; Lofberg et al., 2002; Drummond and Rasmussen, 2008; Schakman et al., 2013). It was determined that mTORC1 signaling is repressed in the presence of increased GCs through enhanced transcription of REDD1 and KLF15. The mechanism by which KLF15 contributes to protein catabolism is not completely understood but KLF15 appears to activate branched-chain amino acid aminotransferases (BCAT) that are responsible for the degradation of branched chain amino acids (BCAAs). Accelerated BCAA degradation leads to the observed decrease in mTORC1 activity (Chaillou et al., 1985; Bodine et al., 2001; Shimizu et al., 2011; Atherton and Smith, 2012). Further analysis showed that KLF15 in coordination with FOXO1 upregulates E3 ubiquitin ligases Atrogin-1 and MURF1 (Schakman et al., 2013). KLF15 appears to contribute to muscle atrophy by altering the ratio of protein catabolism and synthesis.

While studying the development of muscle hypertrophy, Chaillou et al. recently discovered that KLF15 expression is downregulated in response to overload induced hypertrophy. Decreased KLF15 expression in skeletal muscle resulted in greater protein accretion possibly through decreased degradation of BCAAs leading to increased availability of BCAAs and maintained synthesis of proteins (Chaillou et al., 1985). The mechanism by which KLF15 affects protein synthesis through altered BCAA degradation remains unclear due to the complex nature of this process. Protein synthesis depends on specific roles of the liver and constant crosstalk between the liver and skeletal muscles as well as the commonly ignored function of insulin, which also stimulates skeletal muscle utilization of amino acids/proteins, besides its more readily, attributed effect on glucose uptake. In a parallel study, increased concentrations of BCAAs prolonged activation of mTORC1, which is vital to the process of muscle hypertrophy by enhancing protein synthesis. For this reason, KLF15 may be a target of future studies for controlling skeletal muscle hypertrophy and more specifically skeletal muscle atrophy associated with certain conditions. It appears repression of KLF15 may beneficially impact skeletal muscle by restoring muscle cell loss.

While the role of KLF15 in protein synthesis and catabolism has been researched, KLF15 has also been shown to have a role in lipid utilization in skeletal muscles. With its regulation of amino acid catabolism and its role in fasting gluconeogenesis, KLF15 is proposed to have a role in metabolic adaptation in conditions of physiologic stress such as endurance exercise and fasting (Gray et al., 2007; Shimizu et al., 2011; Haldar et al., 2012). In the lack of sufficient glucose, which is vital for brain function, skeletal muscle resorts to proteins and lipids for its fuel. Specifically, abnormalities of lipid flux impact energetic failure and tolerance to exercise. Studies by Haldar et al. propose that KLF15 and its signaling interaction with glucocorticoids are important in the physiological response to exercise based on its role in both protein and lipid metabolism (Haldar et al., 2012). Yamamoto et al. observed that fasting elevated levels of KLF15 and this lead to increased expression of the mitochondrial acetyl-CoA synthetase gene AceCS2 in skeletal muscle (Fujino et al., 2001; Yamamoto et al., 2004). This enzyme is vital during periods of insufficient glucose and under ketogenic conditions for providing an energy source for muscles (Yamamoto et al., 2004; Gray et al., 2007). The exact role of KLF15 in metabolic lipid flux in skeletal muscle remains unknown but research is focused on understanding the role of KLF15 in defective lipid flux and protein catabolism, both of which can contribute to detrimental changes in muscle cells. Atrophy can be a result of these defects as muscles try to adapt to metabolic changes. In addition to its evaluation in atrophy, KLF15 has been linked to facioscapulohumeral dystrophy (FSHD). For FSHD, KLF15 activated the D4Z4 enhancer element leading to overexpression of DUX4 while this effect was abolished with silencing of KLF15. DUX4 is known to be overexpressed in this type of muscular dystrophy (Dmitriev et al., 2011). KLF15 appears to be a promising research target in understanding how metabolism of proteins and lipids may contribute to muscle atrophy as well as its possible role in muscle wasting disorders such as types of muscular dystrophy (Chaillou et al., 1985).

CONCLUSIONS AND FUTURE DIRECTIONS

The available research on MTMR14, sarcalumenin, MG29, and KLF15 in skeletal muscle biology has provided new information toward the better understanding of muscle physiology and pathophysiology. Specific interest is focused on these genes and their possible roles in muscle weakness including that observed during the natural aging process (Figure 1). In aging, the most debilitating effects of sarcopenia are the increased muscle weakness and fatigue. This is the case for many other muscle wasting disorders. Muscle wasting disorders display a loss of muscle mass but of greater functional importance is the increased muscle weakness. Muscle weakness is the pathophysiological condition that has the greatest effect on quality of life, independence, and outcome for individuals affected by these disorders. The genes reviewed here are observed to affect key processes in muscle function including SOCE and E-C coupling, which both have proposed roles in muscle fatigue and weakness. While the underlying mechanisms behind these genes and other genes in the loss of muscle strength are finally coming to light, hope is that with additional research, these genes will provide new avenues in finding a therapeutic target in the fight against muscle wasting disorders. We foresee that a new generation of drugs that specifically modulate E-C coupling and calcium homeostasis would be great assets in this fight that is currently being won by the diseases.
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Spinal muscular atrophy (SMA), amyotrophic lateral sclerosis (ALS), and spinal-bulbar muscular atrophy (SBMA) are devastating diseases characterized by the degeneration of motor neurons. Although the molecular causes underlying these diseases differ, recent findings have highlighted the contribution of intrinsic skeletal muscle defects in motor neuron diseases. The use of cell culture and animal models has led to the important finding that muscle defects occur prior to and independently of motor neuron degeneration in motor neuron diseases. In SMA for instance, the muscle specific requirements of the SMA disease-causing gene have been demonstrated by a series of genetic rescue experiments in SMA models. Conditional ALS mouse models expressing a muscle specific mutant SOD1 gene develop atrophy and muscle degeneration in the absence of motor neuron pathology. Treating SBMA mice by over-expressing IGF-1 in a skeletal muscle-specific manner attenuates disease severity and improves motor neuron pathology. In the present review, we provide an in depth description of muscle intrinsic defects, and discuss how they impact muscle function in these diseases. Furthermore, we discuss muscle-specific therapeutic strategies used to treat animal models of SMA, ALS, and SBMA. The study of intrinsic skeletal muscle defects is crucial for the understanding of the pathophysiology of these diseases and will open new therapeutic options for the treatment of motor neuron diseases.
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INTRODUCTION

Everything from physical exercise to daily chores and even breathing depends on force generated by skeletal muscles. For a skeletal muscle to produce a contraction, a signal in the form of an action potential is required. The motor neuron is responsible for providing this required signal. The site where the motor neuron joins the muscle is called the neuromuscular junction and together, the motor neuron and the muscle are referred to as the motor unit.

Defects in the motor unit can seriously impact muscle contraction generation and lead to severely disabling diseases. Motor neuron diseases consist of a group of conditions characterized by motor neuron loss and atrophy of the associated musculature. Spinal muscular atrophy (SMA), amyotrophic lateral sclerosis (ALS), and spinal-bulbar muscular atrophy (SBMA) are examples of such motor neuron diseases. Although these diseases have quite different etiologies, SMA, ALS, or SBMA are all typified by progressive paralysis resulting in severe disability, and are commonly fatal.

Although the importance of motor neuron pathology is well-established in these diseases, recent work has revealed an involvement of other cell types, including myocytes, in the pathogenic process (Bricceno et al., 2012a; Hamilton and Gillingwater, 2013). Muscle weakness and atrophy are often tightly associated with motor neuron pathology. Importantly, however, use of both cell culture and conditional mouse models has revealed defects in skeletal muscle that occur in the absence of defective motor neurons. Such studies highlight a potential contribution of skeletal muscle defects to the symptoms of SMA, ALS, and SBMA patients. These findings have major implications for the development of therapeutics for these diseases. In the current review, we discuss the latest findings regarding intrinsic muscle defects as well as muscle-specific therapeutic strategies to treat SMA, ALS, and SBMA.

SPINAL MUSCULAR ATROPHY

DISEASE CHARACTERISTICS

SMA represents the leading genetic cause of infant death, affecting 1 in 10,000 live births per year (Pearn, 1978; Prior et al., 2010). Clinically, it is typified by progressive muscle weakness and loss of alpha motor neurons from the spinal cord. SMA is caused by mutations or deletions in the SMN1 gene (Lefebvre et al., 1995). Due to a second, partially functionally copy, named SMN2, SMA is a disease of low SMN levels, rather than no SMN (Brzustowicz et al., 1993; Rochette et al., 2001). The clinical severity of SMA is categorized into 4 main types, which vary in their time of onset and expected prognosis (reviewed in Boyer et al., 2010). Furthermore, SMN2 serves as a disease modifier since the copy number of the SMN2 gene in SMA patients modulates disease severity.

The SMN protein is ubiquitously expressed and localizes to the nucleus and cytoplasm (Liu and Dreyfuss, 1996). In the nucleus, SMN is present in gemini of coiled bodies (gems) which are structures associated with Cajal bodies (Liu and Dreyfuss, 1996; Coovert et al., 1997; Lefebvre et al., 1997). Here, SMN forms a complex with Gemin 2–8 as well as with Sm proteins to regulate small nuclear ribonucleoprotein (snRNP) biogenesis (Liu and Dreyfuss, 1996; Meister et al., 2000; Pellizzoni et al., 2002; Ogawa et al., 2007). SnRNPs are essential for pre-mRNA splicing and a decrease in SMN produces a reduction in snRNP assembly in SMA patients (Will and Luhrmann, 2001; Wan et al., 2005). In additional to SMN's established role in snRNP biogenesis, it has also been suggested to have a role in transcription and mRNA transport (Pellizzoni et al., 2001; Meister et al., 2002; Paushkin et al., 2002; Rossoll et al., 2003; Kariya et al., 2008).

Since the identification of SMN as the disease-causing gene in SMA, a number of mouse models have been generated to gain insight into the pathogenic process. Smn knockout mice (Smn−/−) are embryonic lethal while heterozygous (Smn+/−) mice can be used as a model of very mild SMA (Schrank et al., 1997). Mice do not harbor the SMN2 gene as it is unique to humans, but by introducing low copies of the human SMN2 gene into the Smn−/−background, researchers were able generate a mouse model (Smn−/−;SMN2) mimicking the severe SMA phenotype (Monani et al., 2000). Although the Smn−/−;SMN2 model is genetically representative of human patients, these mutant mice are very small in size and have a short life span making them difficult models to work with, especially when assessing therapeutics. The recent creation of milder SMA model mice has led to the discovery that cell types other than motor neurons are also affected in SMA (Hammond et al., 2010; Michaud et al., 2010; Bowerman et al., 2012a,b; Osborne et al., 2012; Cobb et al., 2013). These mice will also allow for the identification of new mechanisms of disease and will facilitate testing of therapeutic approaches.

MUSCLE INTRINSIC DEFECTS

As motor neurons and skeletal muscle are both functionally and structurally connected, it is difficult to study skeletal muscle defects independently from diseased motor neurons. The use of cell culture and conditional mouse models has, however, allowed researchers to study the role of Smn in skeletal muscle. Shafey et al. (2005) generated a series of hypomorphic cell lines in which Smn expression was depleted to varying levels in C2C12 myoblasts. Upon reducing Smn levels, defects such as decreased proliferation, aberrant myoblast fusion and malformed myotubes became apparent. These findings demonstrate that low Smn levels can result in intrinsic muscle defects and suggest a role for Smn in myoblast fusion. In vivo, the importance of Smn has been highlighted by conditional knockout mice in which the muscle-specific knockout of Smn was achieved using a floxed Smn allele with Cre recombinase controlled by the human skeletal actin (HSA) muscle-specific promoter (Cifuentes-Diaz et al., 2001). These mice develop a phenotype reminiscent of that observed in mouse models of muscular dystrophy. Skeletal muscle fibers from these mice have a disorganized sarcolemma and the mice have a reduced lifespan without displaying any overt neuropathology (Cifuentes-Diaz et al., 2001; Nicole et al., 2003). Although the results from conditional mouse studies have demonstrated a need for Smn in skeletal muscle, advances in animal genetic manipulation now allows for conditional deletion of Smn with residual SMN2 expression. Therefore, we propose that skeletal muscle conditional SMA model mice be revisited using genetics reminiscent of the human disease.

Studies demonstrating muscle intrinsic defects have also been performed using human primary myoblasts from SMA patients. Upon differentiation of human myoblasts, myotubes from SMA patients displayed a reduction in fusion (Arnold et al., 2004), a result reminiscent of what was observed in the C2C12 Smn-knockdown cells. Furthermore, skeletal muscle defects such as vacuolization and compromised sarcomere structures were reported in human SMA muscle cells co-cultured with rat spinal cord explants (Braun et al., 1995). Although these primary cell culture studies were fairly concise, they nonetheless provide valuable insight into intrinsic muscle abnormalities. Collectively, the cell culture and conditional mouse studies were the first to show muscle intrinsic defects in SMA, and establish and validate a strong rationale to study muscle defects in the context of SMA.

ABNORMAL SKELETAL MUSCLE DEVELOPMENT IN SMA MICE

A growing body of evidence suggests that Smn-depletion leads to aberrant skeletal muscle development in SMA model mice. In the Smn−/−;SMN2;Δ7 mouse model, Lee et al. (2011) showed that the cross-sectional area of myofibers did not increase from P5 to P13 suggesting impaired muscle growth. Similarly, the tibialis anterior muscle from phenotype stage Smn−/−;SMN2 mice show similar cross-sectional area as that in pre-symptomatic mice (Dachs et al., 2011). A study on patient samples confirms that SMA muscles demonstrate impaired growth and maturation characterized by smaller and disorganized myotubes (Martinez-Hernandez et al., 2009). Collectively, these studies point to defects in muscle growth, however, the molecular basis for this is still unclear. One possibility for the reduced myofiber size in muscles from SMA model mice is that it is due to a defect in post-natal muscle development. Delayed muscle development is supported by the increased expression of immature myosin heavy chain (MHC) isoform in SMA model mice. Sustained expression of the embryonic and perinatal MHC isoforms has been detected at the transcript and protein level in phenotype stage Smn−/−;SMN2;Δ7 mice (Kong et al., 2009; Lee et al., 2011). Furthermore, reduced expression of fast MHC isoforms has been reported in skeletal muscles of SMA model mice (Biondi et al., 2008; Lee et al., 2011). The transition between developmental MHC isoforms and fast MHC isoforms occurs later in development compared to slow MHC isoforms (Schiaffino and Reggiani, 2011), therefore delayed muscle development could account for the decreased expression of type 2B and 2× fibers in SMA muscles. The aberrant MHC expression profile was also associated with a delay in postsynaptic endplate development. The expression of the immature acetylcholine receptor persists in severe SMA model mice and is accompanied by impaired postsynaptic maturation at the morphological level (Kariya et al., 2008; Kong et al., 2009; Dachs et al., 2011; Bowerman et al., 2012a). A recent study assessed the functional capacities of skeletal muscle and demonstrated muscle weakness was an early feature of pathology in multiple mouse models of SMA (Boyer et al., 2013). Moreover, the severe muscle weakness was associated with delayed expression of mature isoforms of muscle function proteins such as ryanodine receptors and sodium channels. For the moment, direct evidence demonstrating that muscle weakness in SMA model mice is due to the delayed myogenesis and aberrant expression of muscle function proteins is lacking. Nonetheless, together these results suggest a role for Smn in skeletal muscle development. Further, it suggests that low levels of Smn lead to impaired muscle maturation, and thereby causing muscle weakness.

Hayhurst et al. (2012) have provided evidence suggesting that Smn-depletion leads to accelerated muscle differentiation in vivo. Satellite cells, identified by the paired-box transcription factor Pax7, were increased in number and expressed myogenic markers earlier in Smn−/−;SMN2 mice compared to controls. Despite the accelerated expression of the myogenic regulatory factors in Smn−/−;SMN2 satellite cells, these cells failed to grow upon differentiation in culture (Hayhurst et al., 2012).

How low levels of Smn lead to specific developmental defects in SMA model mice is unclear at the moment. However, several possible scenarios can be envisaged. First, Smn has specific function(s) during development through its association with one or more binding partners or second that low levels of Smn disrupts a major cellular process such as splicing which could impact on the expression of multiple genes important for muscle development and function. Thirdly, as muscle development is orchestrated by activity, defects at the levels of the motor neuron may negatively impact upon the expression of factors controlling post-natal muscle maturation.

TARGETING PATHWAYS OF MUSCLE ATROPHY IN SMA

Although several attempts have been made to promote muscle growth in SMA model mice, few studies have begun addressing the underlying mechanisms leading to muscle atrophy in the disease. During skeletal muscle atrophy caused by denervation, myogenin is up-regulated and directly stimulates the expression of muscle-specific ubiquitin E3 ligases, namely atrogin 1 and muscle RING-finger protein 1 (MuRF1), collectively referred to as atrogenes (Moresi et al., 2010). Substrates for atrogin 1 include MyoD, and eIF3f, which is an activator of protein synthesis, while sarcomeric proteins such as myosins and troponins are substrates of MuRF1 (Bonaldo and Sandri, 2013). Deletion of either atrogin 1 or MuRF1 leads to complete protection from denervation-induced muscle atrophy (Bodine et al., 2001).

Recently, a study by Bricceno et al. (2012b) demonstrated that following phenotype onset, a robust increase in atrogene expression was observed in SMA model mice (Table 1). Increased myogenin expression correlated with the up-regulation of the atrogenes, suggesting that the atrophy was mediated by muscle denervation. The expression of myogenin and atrogenes was also increased in skeletal muscle samples from human patients. Administration of the histone deacetylase inhibitor trichostatin A (TSA) prior to muscle atrophy onset attenuated atrogene expression in a mouse model of SMA (Bricceno et al., 2012b). TSA treatment decreased atrogene expression in denervated mice in which atrophy is mediated by myogenin but had no effect in a starved model of atrophy. Thus, this result suggests that TSA directly impacts on the myogenin dependent atrogene pathway. Direct evidence supporting denervation of the muscles used in the study by Bricceno et al. (2012b) was not presented. Therefore, it is not fully understood whether the up-regulation of myogenin in SMA model mice is attributable to impaired myogenesis, muscle denervation or both. Currently, understanding mechanisms of atrophy in SMA is an understudied area of research. For instance, whether the autophagic pathway or calpain-mediated muscle breakdown contribute to muscle atrophy in SMA is not known but could be of therapeutic importance. Further dissection of the molecular pathways responsible for the muscle atrophy, and testing therapeutics to treat atrophy in SMA is definitely warranted.

Table 1. Summary of pathways leading to muscle atrophy in motor neuron diseases.
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A ROLE FOR SMN IN MUSCLE

By isolating single myofibrils from myofibers, Walker et al. (2008) were able to identify Smn as a sarcomeric protein in striated muscle from mice. Specifically, Smn localizes to the Z-disc where it interacts with the actin crosslinking protein α-actinin (Rajendra et al., 2007; Walker et al., 2008; Shafey et al., 2010). Interestingly, other members of the SMN complex such as Gemins 2, 3, 4, and 6 are also present at Z-discs. However, other proteins essential for snRNP assembly are absent, suggesting that Smn plays a novel role at this adhesion site.

Currently, it is unclear whether there are any overt cytoskeletal structural defects in muscles from SMA model mice. Since mature muscles require less Smn expression than developing muscle (La Bella et al., 1998), the residual full-length protein produced by SMN2 may be sufficient to fulfill its role at the Z-disc. However, given the localization of Smn in skeletal muscle, the complete absence of full-length Smn protein in skeletal muscle may lead to cytoskeletal defects reminiscent of what was observed in Smn muscle-specific depleted mice. Given the domains present in the Smn protein, it is unlikely that Smn plays a structural role in mature myofibers. However, a role for Smn in mechanosensing may be possible.

INCREASED CELL DEATH IN SMA MUSCLE

To gain insight into intrinsic molecular changes in skeletal muscle prior to motor neuron degeneration, Mutsaers et al. (2011) performed a proteomic screen using the rostral band of the levator auris longus muscle in pre-symptomatic severe SMA model mice. Several proteins involved in cell death pathways were aberrantly expressed, some of which were validated in skeletal muscle from human patients. Furthermore, the authors highlighted changes in protein expression that were not identified in muscle samples from denervated mice, suggesting these changes are unlikely to be due to defective muscle innervation. In a separate study, increased apoptotic cell death was observed in muscles from phenotype stage Smn−/−;SMN2 mice but was not detected at the pre-symptomatic P0-P1 time point. To demonstrate that the presence of apoptotic cell death was a muscle intrinsic phenomenon, Dachs et al. (2011) performed sciatic nerve denervation in neonatal mice. Forty-eight hours post-denervation, no increase in apoptotic cells was observed in the experimentally denervated muscles compared to sham controls. Therefore, the increased cell death correlates with disease progression in Smn−/−;SMN2 mice and is not attributed to acute muscle denervation per se. That said, an investigation of cell death in Smn-depleted C2C12 cells and cultured satellite cells isolated from Smn−/−;SMN2 mice revealed normal proportion of apoptotic cells (Shafey et al., 2005; Hayhurst et al., 2012). Furthermore, the number of apoptotic cells in type 1 human SMA muscle samples was comparable to controls (Martinez-Hernandez et al., 2009). Therefore, it would appear that increased cell death in skeletal muscle might be limited to mouse models of SMA. How the absence of Smn leads to increased apoptosis and whether apoptosis in skeletal muscle is primary or secondary to the SMA pathogenesis is unclear and requires further study.

THE THERAPEUTIC REQUIREMENTS OF SMN IN SKELETAL MUSCLE

Several therapeutic approaches currently being developed for the treatment of SMA involve increasing SMN levels. In an attempt to demonstrate the therapeutic requirements of SMN in neuronal and muscle tissue, a series of genetic rescues in mouse models were performed. In an initial study, the expression of Smn was driven by either the muscle-specific promoter HSA or by the neuron-specific prion protein promoter (PrP) (Gavrilina et al., 2008). Crossing HSA and PrP rescue mice onto the Smn−/−;SMN2 background allowed for a direct comparison between both the neuronal and muscle approaches on survival. The longest surviving PrP rescued line lived an average of 210 days while the best surviving HSA rescued line lived an average of 160 days. Thus, these results demonstrate that rescue in either neurons or muscle can offer significant improvements in survival. However, the results from this study are challenging to interpret given that both the longest surviving muscle and neuronal rescue lines demonstrated leaky Smn protein expression in the spinal cord and in muscle, respectively. Moreover, the use of the HSA promoter to express Smn in skeletal muscle may not be early enough in development, and may therefore not be representative of when Smn is needed in skeletal muscle. In addition, the use of the PrP promoter makes it difficult to conclude that Smn is required precisely in the spinal cord since this promoter targets multiple cell types in the nervous system.

More recently, a similar study was performed using conditional SMA model mice expressing tissue-specific Cre drivers, including the motor neuron-specific choline acetyltransferase promoter (ChATcre), and the muscle-specific myogenic determination 1 (MyoDcre) and myogenic factor 5 (Myf5cre). MyoD and Myf5 are myogenic regulatory factors expressed very early during myogenesis and it was therefore anticipated that they would yield more significant improvements in the survival of SMA mice (Martinez et al., 2012). Interestingly, restoring Smn expression in motor neurons of ChATcre mice led to a very modest increase in survival (from 15 to 23 days) compared to the survival reported using the PrP promoter. The ChATcre extended survival 2 days more than the muscle-specific promoters MyoDcre and Myf5cre. ChATcre conditional mice showed increased SMN expression in motor neurons and improved neuromuscular junction function and morphology. Despite these improvements, only the MyoDcre and the Myf5cre lines produced a robust increase in the cross-sectional area of myofibers. It should be noted that Smn expression from the Myf5cre driver was detectable in the neuronal tissue making it somewhat difficult to interpret the results from this particular conditional mouse model (Martinez et al., 2012). Nonetheless, the results from MyoDcre and Myf5cre demonstrate the importance of restoring Smn expression in skeletal muscle and suggest that a combinatorial expression of Smn in both myofibers and motor neurons may provide a more impressive extension of life in mouse models of SMA. These data, suggest that restoration of Smn expression in skeletal muscle should not be overlooked when developing therapeutic strategies.

INDUCING MUSCLE GROWTH PATHWAYS IN SMA MODEL MICE

In an effort to reverse the muscle atrophy phenotype in mouse models of SMA, researchers have attempted to stimulate muscle growth pathways by various means. Myostatin is a potent negative regulator of muscle mass and the modulation of the myostatin pathway leads to dramatic muscle growth (Lee and McPherron, 2001). It was therefore hypothesized that modulation of the myostatin pathway may lead to phenotypic improvements in mouse models of SMA. Interestingly, myostatin and follistatin, a myostatin antagonist, were both found to be increased in mouse models of SMA suggesting a possible compensatory attempt by the animal to minimize muscle size loss (Sumner et al., 2009). Genetic overexpression of myostatin in SMA model mice proved to have a modest effect on muscle weight but offered no improvements in motor function and survival (Rindt et al., 2012). In a similar study, the genetic overexpression of follistatin in SMA model mice did not increase myofiber size or improve lifespan (Sumner et al., 2009). However, administration of recombinant follistatin in the same SMA mouse models used as in the genetic overexpression studies had a positive effect on the disease phenotype and lifespan (Rose et al., 2009). Specifically, delivery of the recombinant follistatin increased muscle mass, body weight, improved motor function and also increased motor neuron numbers and size in SMA model mice. Collectively, these changes led to an increase in median survival time. The differences in results between both follistatin studies are unclear but are likely attributed to the different methods used to overexpress follistatin that is, genetic overexpression versus administration of recombinant protein.

Insulin-like growth factor 1 (IGF-1) is a robust positive regulator of muscle mass and the overexpression of IGF-1 in mice causes a dramatic increase in musculature (Musaro et al., 2001). Interestingly, circulating IGF-1 levels are reduced in multiple mouse models of SMA (Hua et al., 2011; Murdocca et al., 2012). Delivery of IGF-1 to the central nervous system of type III SMA model mice using an adeno-associated virus vector proved beneficial for motor neuron health but had little effect on myofiber integrity and motor function (Tsai et al., 2012). The systemic administration of IPLEX (recombinant human IGF-1 complexed with recombinant human IGF-1 binding protein 3) by intraperitoneal injection in Smn−/−;SMN2;Δ7 animals led to increased myofiber size, reduced motor neuron cell loss but did not impact on life span and body weight of SMA model mice (Murdocca et al., 2012). Finally, combining SMN trans-splicing with an IGF-1 vector increased life span and body mass in a severe mouse model of SMA (Shababi et al., 2011). It is difficult to partial out whether the improvements in myofiber size were due to the IGF-1 protein acting on myofibers directly or rather, increased muscle size was a secondary consequence from the healthier motor neurons. The genetic muscle overexpression of IGF-1 onto the same SMA background used in the follistatin studies led to increased muscle mass as well as an increase in the median lifespan (Bosch-Marce et al., 2011). Overexpression of muscle IGF-1 had little effect on markers of muscle maturity. Therefore, IGF-1 cannot restore proper muscle development in SMA model mice. IGF-1 may prove to be of greater benefit to diseases in which myofibers have formed and matured properly and are subsequently affected by intrinsic and extrinsic pathology. In fact, promoting muscle growth using IGF-1 overexpression before the muscle has fully matured may be detrimental to the tissue. Furthermore, it should be noted that the SMA model mice were crossed to IGF-1 overexpressing heterozygotes. Therefore, the benefits of IGF-1 may have been more obvious had the mice been bred to homozygosity.

Perhaps targeting molecules more downstream where myostatin and IGF-1 pathways converge might yield more robust results. For example, Akt is downstream of both myostatin and IGF-1, and overexpression of Akt in mice has led to increased muscle size (Lai et al., 2004; Schiaffino and Mammucari, 2011). In addition to promoting muscle growth, Akt also plays an important role in inhibiting mechanisms of atrophy including inhibiting atrogenes and the autophagic pathway (Schiaffino and Mammucari, 2011).

AMYOTROPHIC LATERAL SCLEROSIS (ALS)

DISEASE CHARACTERISTICS

ALS is a progressive adult-onset fatal disease characterized by the selective degeneration of upper motor neurons in the cerebral cortex and lower motor neurons of the brain stem and spinal cord (Rowland and Shneider, 2001). Features of the disease include muscle weakness and atrophy, spasticity and paralysis. It has an incidence of two per 100,000 people per year in the United States (Rowland and Shneider, 2001).

The term “amyotrophic” refers to the muscle atrophy, weakness and fasciculation that signify disease of lower motor neurons, while “lateral sclerosis” refers to the hardening of lateral columns, where gliosis follows the degeneration of corticospinal tracts (Rowland and Shneider, 2001). The mean duration of survival for ALS patients is 3–5 years following disease onset, with denervation of the respiratory muscles and diaphragm generally representing the fatal event of the disease. Despite intense research efforts, limited therapeutic options remain in attenuating disease progression; nevertheless advances are being made in palliative therapy (Carter et al., 2012).

A vast majority of ALS cases are sporadic and have no known genetic component, except for missense mutations in the TAR-DNA binding protein (Kabashi et al., 2008). Inherited forms of ALS (fALS) have an autosomal dominant or recessive pattern of inheritance and constitute ~10% or less of the remaining ALS cases (Rowland and Shneider, 2001). In 1993, a breakthrough in ALS research was made with the discovery of missense mutations in the Cu/Zn superoxide dismutase 1 (SOD1) gene of a subset of fALS cases (Rosen et al., 1993). It is estimated that 15–20% of fALS patients harbor missense mutations in the SOD1 gene (equating to 2% of all ALS cases).

SOD1 is a ubiquitously expressed cytosolic metalloprotease that non-covalently binds Cu and Zn. The enzyme functions by detoxifying and maintaining intracellular superoxide anions (O2−) by catalyzing the dismutation of O2− to molecular oxygen and hydrogen peroxide. As such, mutations in SOD1 impart oxidative stress, which has become a key mechanism underlying disease pathogenesis (Barber et al., 2006). That said, to date, a number of different pathogenic mechanisms are believed to trigger ALS pathogenesis (Ilieva et al., 2009).

Most of our current knowledge of ALS pathogenic mechanisms comes from transgenic mice expressing various forms of mutant SOD1. Studies with these mice have highlighted multiple targets of damage in disease including mitochondria, proteasomes, and secretory pathways. Furthermore, while expression of mutant SOD1 within motor neurons is a primary determinant of disease onset and of an early phase of disease progression, the expression of mutant SOD1 also affects structural, physiological, and metabolic parameters in other cell types (e.g., glia and skeletal muscle) (see reviews Boillee et al., 2006; Ilieva et al., 2009). ALS is now considered a multisystemic disease, wherein a variety of cell types act synergistically to exacerbate disease pathogenesis (Ilieva et al., 2009).

The progressive paralysis in ALS is the result of degeneration and demise of motor neurons (Rowland and Shneider, 2001). Data from multiple studies suggest that toxicity is non-cell-autonomous, meaning toxicity to motor neurons derives from damage developed within cell types beyond the motor neuron (see reviews Fuchs et al., 1994; Boillee et al., 2006; Ilieva et al., 2009). Studies supporting this notion showed that ubiquitous transgenic overexpression of SOD1 mutations causing fALS leads to an ALS phenotype in mice (Wong et al., 1995), however, restricted expression of mutant SOD1 in neurons alone is not sufficient to cause this phenotype. It is perhaps important to note, however, that levels of mutant SOD1 selectively expressed in motor neurons may have been too low to initiate disease (Pramatarova et al., 2001; Lino et al., 2002). More recent studies suggest that neuron-specific expression of human mutant SOD1 in mice triggers motor neuron degeneration (Jaarsma et al., 2008; Wang et al., 2008). These discrepant studies indicate that mutant SOD1-induced motor neuron degeneration is at least partly cell autonomous, and non-neuronal mutant SOD1 expression is also likely required for disease manifestation.

MUSCLE DEFECTS IN ALS

Numerous studies support the notion that multiple tissues outside the CNS, including skeletal muscle (Wiedemann et al., 1998; Krasnianski et al., 2005; Dupuis et al., 2006), fibroblasts (Aguirre et al., 1998; McEachern et al., 2000), and lymphocytes (Cova et al., 2006) are affected in human ALS. In both sporadic and fALS, functional aberrations and skeletal muscle pathology are present including neurogenic-induced muscle pathology and mitochondria dysfunction (Vielhaber et al., 1999; Krasnianski et al., 2005; Echaniz-Laguna et al., 2006; Corti et al., 2009). Similarly, transgenic mice expressing mutant SOD1 recapitulate functional and metabolic deficits in skeletal muscle as seen in human ALS patients (Derave et al., 2003; Dupuis et al., 2004; Mahoney et al., 2006).

Selective expression of mutant SOD1 in mouse skeletal muscle using the myosin light chain (MLC) promoter (MCL/SOD1G93A) induced ALS-like muscle pathologies, including progressive muscle atrophy, reduced muscle strength, impaired contractility, and mitochondrial dysfunction (Dobrowolny et al., 2008). Interestingly, exclusive expression of mutant SOD1 in skeletal muscle did not trigger the degeneration of motor neurons. This finding contrasts with a similar study from Wong and Martin (2010), where human mutated SOD1 expression driven from the HSA promoter, resulted in pathologic phenotypes in both muscle and motor neurons reminiscent of ALS (Wong and Martin, 2010). The reasons for this discrepancy is unclear although it may be due to the fact the animals used were of a different age, being significantly younger in the work from Dobrowolny et al. (2008). Regardless of this, together these studies provide strong evidence that mutant SOD1 is toxic to skeletal muscle and challenged the accepted dogma that motor neuron degeneration, caused by the overexpression of mutant SOD1, is the principle driver of muscle atrophy.

Skeletal muscle mitochondrial defects have been reported in MLC/SOD1G93A mice as well as in other mouse models of ALS (Dupuis et al., 2003, 2004; Dobrowolny et al., 2008). Previous studies have suggested that mitochondrial defects may lead to motor neuron degeneration in the context of ALS. This notion is supported by the study of Dupuis et al. (2009) in which they demonstrate that muscle mitochondria uncoupling leads to muscle denervation and motor neuron degeneration. Furthermore, muscle mitochondria uncoupling exacerbates disease progression and survival in a mouse model of ALS (Dupuis et al., 2009).

MYOGENESIS IN ALS

Altered expression of the myogenic program has previously been reported in a mouse model of ALS. Widespread differences in the transcript and protein levels of Pax7 and myogenic regulatory factors were reported at disease onset (Manzano et al., 2011). The up-regulation of these proteins may reflect an increase in satellite cell activation following myofiber degeneration that may occur at time of disease onset. The levels of myogenic regulatory factors were not differentially expressed in early and late pre-symptomatic ALS mice compared to controls. This result suggests that the aberrant expression of the myogenic program is unlikely to be a triggering event leading to skeletal muscle defects in ALS model mice. In a separate study, however, primary myoblasts isolated from ALS patients and induced to differentiate into myotubes showed decreased expression of MHC, and displayed fusion defects (Pradat et al., 2011). These results are reminiscent of what was observed in SMA and SBMA cell culture studies (Arnold et al., 2004; Shafey et al., 2005; Malena et al., 2013).

MECHANISMS OF ATROPHY IN ALS

The most overt symptom in ALS patients is muscle weakness, which ultimately leads to death. Understanding mechanisms of muscle atrophy in ALS, i.e., whether muscle atrophy in ALS is solely due to denervation or whether it is intrinsic, may offer potential therapeutic avenues able to alleviate atrophy-induced weakness. Léger et al. (2006) studied signaling pathways contributing to skeletal muscle atrophy using ALS human samples as well as ALS SOD1G93A model mice. A dramatic increase in the expression of the E3 ubiquitin ligase atrogin 1 was detected in both mouse and human ALS samples. No changes were observed in the expression of MuRF1 (Table 1) (Léger et al., 2006). Changes upstream of atrogenes have also been reported. IGF-1 levels were decreased and the expression of activated Akt was down-regulated suggesting that muscle atrophy was associated in part to intrinsic defects not associated with myogenin-induced atrophy during denervation (Léger et al., 2006; Lunetta et al., 2012). Further evidence demonstrating that muscle atrophy is not entirely neurogenic in nature comes from studies with MLC/SOD1G93A mouse models of ALS in which restricted mutated SOD1 expression to skeletal muscle leads to atrophy (Dobrowolny et al., 2008). Skeletal muscle atrophy in these mice is initiated by the Akt pathway which suppresses protein synthesis and induces FoxO3 mediated expression of atrogenes (e.g., atrogin1 and MuRF1) (Dobrowolny et al., 2011). Furthermore, transcript levels of genes in the autophagic pathway such as LC3, Bnip3, and CathepsinL (Table 1) are up-regulated in muscles from MLC/SOD1G93A animals and may contribute to decreased myofiber size while caspases are likely end stage contributors to atrophy in these mice (Dobrowolny et al., 2008, 2011). These pathways altered in ALS conditional mice differ from the myogenin-induced atrophy observed following denervation. This supports the idea that intrinsic atrophy mechanisms are contributing to decreased myofiber size in ALS and that therapeutic approaches to reverse atrophy and increase myofiber size may prove beneficial in this disease. Based on these studies, it is difficult to overlook the importance of skeletal muscle as a contributor to the pathogenesis of ALS.

SKELETAL MUSCLE IGF-1 AS A THERAPEUTIC APPROACH IN ALS

The muscle-specific overexpression of IGF-1 has led to remarkable improvement in ALS model mice. Using the muscle MLC promoter, Dobrowolny et al. (2005) overexpressed IGF-1 onto the SOD1G93A mouse model of ALS (SOD1G93A/mIgf-1). This delayed disease onset and increased survival. Muscle atrophy was attenuated and satelitte cell activation was enhanced in SOD1G93A/mIgf-1 mice (Dobrowolny et al., 2005). Importantly, IGF-1 overexpression in muscle also preserved neuromuscular junction integrity and protected motor neurons from degeneration.

It has also been reported that viral delivery of IGF-1 to skeletal muscles leads to increased survival and protected motor neurons in ALS model mice (Kaspar et al., 2003). Interestingly, muscle viral delivery of IGF-1 in ALS model mice combined with exercise has a remarkable synergistic effect leading to an increase in survival beyond what was obseved following gene therarpy or exercise alone (Kaspar et al., 2005). It remains to been seen whether the adminstration of IGF-1 gene therapy combined with treatment of exercise mimetics such as AICAR and GW501516, can yeild similar results since exercise is likely not a feasable longterm option in severe ALS patients. Despite significant improvements in ALS model mice achieved by genetic or viral overexpression of IGF-1, to date efficacy studies of recombiant IGF-1 have yeilded positvie results in two human trials while a third trial reported no improvements in muscle strength. However, no trial has demonstated any imporovments regarding patient survival (Beauverd et al., 2012).

SPINAL AND BULBAR MUSCULAR ATROPHY (SBMA)

DISEASE CHARACTERISTICS

Spinal and bulbar muscular atrophy (SBMA), also known as Kennedy's disease, is an adult onset neuromuscular disease characterized by the degeneration and loss of lower motor neurons leading to muscle wasting. The initial phase of the disease presents as muscle cramping, hand tremors and fatigue, with muscle weakness considered a late manifestation of disease (Sambataro and Pennuto, 2012). In addition to muscle weakness, SBMA patients display other symptoms such as fasciculations that are especially prevalent in the face, neck and tongue. The disease affects an estimated 1–2 per 100,000 people (Katsuno et al., 2012).

At the molecular level, SBMA is caused by the expansion of a polyglutamine (polyQ)-encoding CAG trinucleotide repeat in the first exon of the gene coding for the androgen receptor (AR). These repeats are toxic and lead to motor neuron death causing respiratory weakness in SBMA patients (Bricceno et al., 2012a). Motor neurons express high levels of the AR relative to other neuronal populations, and the loss of AR function attributed to the expanded polyQ tract is believed to contribute to SBMA pathogenesis. However, the predominant disease mechanism involves a gain-of-toxic function that accompanies the expanded polyQ tract AR in motor neurons (Katsuno et al., 2012).

A correlation exists between the number of repeats and the age at onset of muscle weakness (Igarashi et al., 1992). Full disease manifestations are observed in men only while heterozygous females are mostly asymptomatic and women homozygous for the mutation are rare and show only mild symptoms (Schmidt et al., 2002). The AR gene is located on the proximal arm of chromosome Xq11-12 (Katsuno et al., 2012). The AR is a nuclear receptor and is part of the steroid/thyroid hormone receptor family. Upon binding to its natural ligands testosterone and dihydrotestosterone, the AR is translocated to the nucleus where it binds DNA as well as transcriptional co-regulators to control the expression of a subset of genes. However, pathological CAG triplet repeats in the AR lead to the nuclear accumulation of the receptor and this disrupts its transactivation domain's ability to interact with transcriptional co-activators. The AR is required for androgen dependent changes including proper male pubertal sexual development. SBMA patients demonstrate subtle androgen sensitivity highlighted by gynecomastia, fertility complications and atrophy of the gonads (Sambataro and Pennuto, 2012). Castration of SBMA model mice prevents any phenotype while treating female animals with testosterone exacerbates the phenotype (Katsuno et al., 2002). These results demonstrate that disease manifestations are androgen-dependent and this explains the gender bias observed in SBMA patients.

MUSCLE DEFECTS IN SBMA PATIENTS

Although SBMA is believed to be primarily a motor neuron disease, increasing evidence suggests that myogenic defects contribute significantly to the disease pathogenesis. Studies performed on SBMA patients report very high levels of serum creatine kinase (CK), which are often 10 times higher than normal (Lee et al., 2005). It has been demonstrated that CK levels are higher in SBMA than any other motor neuron or myopathic disease and the increase can be detected prior to the onset of SBMA clinical symptoms (Chahin and Sorenson, 2009). Elevated serum CK levels are indicative of muscle damage and often seen in muscular dystrophy patients.

Histological studies performed on SBMA patients' muscle biopsies have revealed the presence of both neurogenic and primary myogenic defects. With muscle samples from SBMA patients, Sorarù et al. (2008), demonstrate the presence of fiber type grouping, atrophic fibers and angulated fibers, which are defects observed following chronic denervation. Necrotic myofibers as well as myofibers with centrally located nuclei, which are indicative of regenerating fibers, are also observed in SBMA muscle biopsies and are associated with primary myogenic changes (Sorarù et al., 2008; Chahin and Sorenson, 2009).

Studies using primary myoblasts isolated from SBMA patients have demonstrated that these cells proliferate and differentiate normally (Malena et al., 2013). Furthermore, primary SBMA myoblasts express myogenic regulatory factors such as MyoD and myogenin at levels comparable to controls. These results are androgen-dependent and suggest that early myogenesis is not affected in SBMA. However, defects such as cytoskeletal perturbations as well as aberrant myotube fusion were observed in primary myoblasts isolated from SBMA patients.

MUSCLE DEFECTS IN MOUSE MODELS OF SBMA

The use of mouse models has significantly contributed to our understanding of the myogenic defects in the SBMA phenotype. Yu et al. (2006) used gene targeting to generate a mouse model in which they converted the mouse AR sequence to the human sequence and in the process introduced 113 CAG repeats to recapitulate the human phenotype. These knock-in mice, designated AR113Q, are smaller, weaker compared to control counterparts, and die at 2–4 months of age. Histologically, muscles from AR113Q mice have atrophic and angulated fibers. At the molecular level, myogenin and acetylcholine receptor expression were up-regulated in AR113Q mice while MyoD expression was unchanged compared to controls. These morphological and gene expression changes are reflective of those observed following denervation (Moresi et al., 2010). Furthermore, myogenin was not mis-regulated in primary SBMA myoblasts supporting the idea that myogenin-dependent atrophy is present in AR113Q mice (Malena et al., 2013). However, the skeletal muscle pathology in AR113Q animals was thought to be cell-autonomous because it was detected prior to overt polyQ tract-induced pathology in the spinal cord. These results raise the possibility that the AR toxicity occurs in muscle prior to motor neurons, and may be the initiating factor leading to denervation-induced atrophy.

Other histological changes such as myofibers with centrally located nuclei present in AR113Q mice are more reflective of intrinsic myopathic defects. The expression of genes important for muscle function, such as the muscle chloride channel 1 (CLCN-1) and the muscle-specific sodium channel SCN4A, were decreased in AR113Q animals. The levels of CLCN-1 and SCN4A have previously been shown to decrease following experimental denervation (Kallen et al., 1993; Klocke et al., 1994). However, subsequent analyses in AR113Q animals demonstrated that the mis-regulation of CLCN-1 and SCN4A was not due to denervation (Yu et al., 2006). Furthermore, the down-regulation of CLCN-1 is attributed to the mis-splicing of the gene, which is reminiscent of what is observed in the muscle disease myotonic dystrophy (Yu et al., 2009). Therefore, SBMA model mice show muscle defects that are both intrinsic and motor neuron dependent. The denervation-like defects in AR113Q skeletal muscles can either be associated with intrinsic muscle toxicity-induced denervation, or to a secondary consequence linked to muscle denervation since the innervation status of skeletal muscles was not directly assessed.

Perhaps more compelling evidence supporting muscle contributions to SBMA pathogenesis comes from a mouse model in which a wild type AR was overexpressed in skeletal muscle and recapitulated the phenotypic features observed in other mouse models of SBMA (Monks et al., 2007). In this model, the AR overexpression in skeletal muscle was achieved using the HSA promoter (AR-HSA). AR-HSA animals showed muscle pathology and molecular changes such as increased levels of myogenin and AChR that are reminiscent of those observed following denervation. Interestingly, AR-HSA transgenic mice did not display motor neuron cell body loss but rather exhibited axonopathy. Again, these data suggest that the AR muscle toxicity may lead to motor neuron axon loss that in turn leads to denervation-induced pathology in skeletal muscles. Moreover, this result indicates that motor neuron defects occur distally first and eventually lead to cell body loss, a dying back phenomena, and may therefore explain the phenotype observed in the AR113Q mouse model of SBMA. The authors demonstrate that the toxicity to muscle occurred upon the activation of the AR-HSA by its ligand rather than the overexpression of the AR-HSA per se. However, it is difficult to conclude that the results observed from the AR-HSA mouse model can be directly generalized to SBMA, especially considering that the molecular pathogenesis of the AR-HSA model, which lacks the expanded polyQ tract, is very different.

SKELETAL MUSCLE AS A THERAPEUTIC TARGET IN SBMA

It has long been known that AR translocation to the nucleus is ligand-mediated and that this process is intensified in men given that the AR ligand is testosterone. Modifying testosterone levels in SBMA model mice is a ligand-targeted therapy that has proven very successful. In a mouse model of SBMA in which 97 CAG repeats were introduced into the AR gene (AR97Q), reduction of testosterone by way of castration prevented the appearance of the phenotype in male mice (Katsuno et al., 2002). In AR97Q female animals, administration of testosterone induced aberrant motor phenotypes and neuropathology. Treatment of AR-HSA female mice with testosterone provoked denervation-like symptoms similar to AR-HSA males. However, upon testosterone treatment cessation, AR-HSA females recovered normal motor function and expressed muscle genes at usual levels (Johansen et al., 2009). In agreement with these findings, survival and muscle pathology of AR-HSA mice is significantly ameliorated by prenatal treatment with flutamide, an AR antagonist. These data reveal that the AR expression restricted to muscle alone can lead to SBMA symptoms in mice and that these defects can be improved by blocking androgen binding. Thus, the SBMA phenotype strongly correlates with androgen expression and skeletal muscle may be an important target for SBMA treatment.

Although the use of anti-androgens is effective in treating mouse models of SBMA, it may prove to have unwanted side effects in humans. In an attempt to better understand how the AR is endogenously regulated, Palazzolo et al. (2007) uncovered a role for Akt in regulating AR function. Phosphorylation of the AR by Akt represses the AR activity through a ligand-dependent manner, thus preventing androgen from activating the AR. Modulation of Akt in cell culture models of SBMA rescued the polyQ associated cell toxicity indicating that manipulating the Akt pathway might provide phenotypic improvements in SBMA model mice (Palazzolo et al., 2007). Indeed, skeletal muscle overexpression of IGF-1, a protein that acts upstream of Akt, delayed disease onset and extended survival in SBMA model mice (Palazzolo et al., 2009). IGF-1 activates Akt and thus increases AR phosphorylation, which in turn reduces AR nuclear accumulation in muscles from SBMA model mice. A striking observation was that overexpression of IGF-1 in skeletal muscle improved motor behavior and reduced motor neuron cell loss in SBMA model mice. IGF-1 overexpression in skeletal muscle ameliorated both myofiber and motor neuron health by reducing AR nuclear aggregates. IGF-1 has previously been shown to benefit motor neurons by promoting sprouting and axonal growth, therefore IGF-1 may improve motor neuron health via its trophic properties in addition to its effects on mutant AR (Caroni and Grandes, 1990). Furthermore, overexpression of IGF-1 in skeletal muscle of wild type mice leads to gross muscle hypertrophy (Musaro et al., 2001). Therefore, IGF-1 might ameliorate muscle pathology independently of AR even though gene array data suggest that the IGF-1 signaling pathway is largely unaffected in skeletal muscle of multiple mouse models of SBMA (Mo et al., 2010).

Taken together, muscle defects are evident in SBMA and for the most part, were believed to be a secondary response to muscle denervation. However, a growing body of evidence supports the notion that muscle is the primary target of polyQ-AR toxicity and that muscle defects lead to motor neuron abnormalities. Results from various mouse models and muscle-specific targeted therapies support this idea.

CONCLUSION

Although considered motor neuron diseases, the use of conditional mouse models as well cell culture systems have highlighted the contributions of intrinsic skeletal muscle defects in SMA, ALS and SBMA (Table 2). The nature of the skeletal muscle defects differs between these three diseases. For instance, the most notable muscle defects in SMA are associated primarily with impaired development but defects neurogenic in origin are also observed. While in ALS, muscle defects are due to intrinsic and neurogenic factors, and appear to be present in mature myofibers rather than in developing muscle. In SBMA, cell-autonomous muscle degeneration is an overt contributor to the phenotype as are denervation-induced defects. However, results from ALS and SBMA mouse models suggest that in these diseases, skeletal muscle defects can initiate motor neuron defects. Such evidence to support this notion in SMA is currently lacking, indeed the complete absence of Smn in skeletal muscle was not associated with motor neuron defects (Cifuentes-Diaz et al., 2001). The use of appropriate conditional animals models will serve to explore this possibility further.

Table 2. Summary of defects observed in muscle in motor neuron diseases.

[image: image]

A common therapeutic approach used in all three diseases involves the muscle-specific overexpression of IGF-1. This approach has led to remarkable improvements in mouse models of ALS and SBMA, and to a lesser degree in SMA. The reason for this may be associated to the type of muscle defects in these diseases. The IGF-1 therapeutic approach may prove to be more beneficial in the context of mature muscle that is diseased, and may not be as efficient in SMA where muscle development is impaired.

It has always been assumed that muscle defects in SMA, ALS, and SBMA were a secondary consequence of motor neuron pathology. However, the studies described in this review shed light onto the importance of intrinsic muscle defects as a primary contributor to the pathogenesis of these diseases. As such, more research should be focused on treating intrinsic skeletal muscle defects. Indeed, regardless of whether muscle is a primary or secondary contributor to the pathogenesis of these diseases, muscle defects are present and therefore muscle is still an important therapeutic target to consider.
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Muscle disease as a group is characterized by muscle weakness, muscle loss, and impaired muscle function. Although the phenotype is the same, the underlying cellular pathologies, and the molecular causes of these pathologies, are diverse. One common feature of many muscle disorders is the mispositioning of myonuclei. In unaffected individuals, myonuclei are spaced throughout the periphery of the muscle fiber such that the distance between nuclei is maximized. However, in diseased muscles, the nuclei are often clustered within the center of the muscle cell. Although this phenotype has been acknowledged for several decades, it is often ignored as a contributor to muscle weakness. Rather, these nuclei are taken only as a sign of muscle repair. Here we review the evidence that mispositioned myonuclei are not merely a symptom of muscle disease but also a cause. Additionally, we review the working models for how myonuclei move from two different perspectives: from that of the nuclei and from that of the cytoskeleton. We further compare and contrast these mechanisms with the mechanisms of nuclear movement in other cell types both to draw general themes for nuclear movement and to identify muscle-specific considerations. Finally, we focus on factors that can be linked to muscle disease and find that genes that regulate myonuclear movement and positioning have been linked to muscular dystrophy. Although the cause-effect relationship is largely speculative, recent data indicate that the position of nuclei should no longer be considered only a means to diagnose muscle disease.
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HISTORY

Myofibers are the cellular units of mature skeletal muscles. The structure of myofibers, and the basic principles that govern the development of myofibers, are conserved from Drosophila to humans. Skeletal muscle accounts for nearly 50% of adult body mass, and the organization of the myofibers is repetitive and striking. This repetitive structure is most notably illustrated by the myofibril network, the linear and repetitive arrangement of sarcomeres and associated proteins that enable muscle contraction. The myofibril network of skeletal muscle garnered much early attention and has been studied in detail since the early 1940s, when Ramsey and Street published their observations that the length of the sarcomere corresponded to the physical output of the muscle (Ramsey and Street, 1940). With improved electron microscopy techniques to better understand subcellular organization, the structure of the myofibrils was examined in more depth, culminating in development of the sarcomeric sliding filament model described in 1954 (Huxley and Hanson, 1954; Huxley and Niedergerke, 1954). Importantly, work in the field of muscle biology maintained its focus on correlating the structure of the muscle with the function, or physical output, of the muscle cell. Moving forward, the feature that the functional output of muscle can be easily assessed makes muscle an ideal tissue in which to understand additional aspects of cellular structure and organization and how they impact function.

With the contractile myofibrillary network described, and the development of more sophisticated imaging techniques, further definition of the myofiber structure and how that structure impacts function has gained traction. Coincident with the ability to more precisely examine muscle structure, advancements in sequencing and gene identification have made it evident that sarcomere assembly and myofibril organization are not sufficient for full muscle function. In fact, many mutations that cause muscle disease do not appear to directly affect sarcomere structure. For example, Emery-Dreifuss Muscular Dystrophy (EDMD) is characterized by progressive muscle weakness, but the genes that are mutated in patients with EDMD encode proteins that localize to the nucleus rather than the sarcomere. Furthermore, at least a subset of EDMD causing mutations do not impact the assembly of the sarcomere (Gueneau et al., 2009). This makes clear that sarcomere assembly on its own is not sufficient for muscle cells to generate maximal force and indicates that additional aspects of cellular organization impact muscle physiology and likely underlie many muscle diseases. Thus, to fully understand general muscle biology, and muscle disease pathogenesis specifically, we must determine how muscle cells become organized and the relative contributions of each aspect of organization to muscle function.

Like all eukaryotic cells, myofibers require several organelles that compartmentalize different cellular functions. For example, mitochondria compartmentalize energy production, the nuclei compartmentalize gene regulation, the sarcoplasmic reticulum compartmentalizes calcium storage and release, and the Golgi apparatus compartmentalizes protein sorting. Each of these organelles is essential to proper muscle function. This fact is illustrated by the identification of mutations in genes related to each organelle that cause muscle disease (Cohen et al., 2013; Gazzerro et al., 2013; Schreiber and Kennedy, 2013). Although the metabolic importance of muscle has been recognized for decades, and significant information regarding the relationship between mutations in metabolic enzymes and muscle disease exists (Muntoni et al., 2011; Bonaldo and Sandri, 2013), the role of general muscle architecture in muscle function is less clear. Little is known regarding the aspects of organization that are essential, how each organelle contributes to muscle function, and whether the positioning of different organelles are linked or occur independently.

These are overarching questions that will require years of work to understand as only recently have researchers begun studying the positioning of organelles in muscle. This review will focus on the organization of nuclei within the myofiber. Specifically, we will explore the mechanisms by which nuclei are positioned, and the evidence that the precise positioning of nuclei is essential for proper muscle function.

NUCLEAR POSITIONING IN MUSCLE

Nuclei in muscle are positioned at the periphery of each myofiber. Furthermore, these peripheral nuclei are positioned to maximize the distance between adjacent nuclei (Bruusgaard et al., 2003). Although it is not known why nuclei are positioned in this way, there are intuitive and compelling possibilities to explain both aspects of nuclear position. The myodomains theory states that each nucleus nourishes a discrete portion of the muscle (Pavlath et al., 1989) and provides a logical explanation for the maximizing of internuclear distances. If nuclei were clustered rather than spaced evenly, different regions of the muscle would lack the transcription and translation necessary to maintain the myofiber. Regarding the positioning of the nuclei at the periphery of the myofiber, rather than within the myofiber, it is intuitive that nuclei in the center of the myofiber could act as physical obstacles to contraction and therefore impede muscle output. Alternatively, maintaining nuclei at the muscle periphery may be a means to protect nuclei from the force of contraction that they would need to withstand in the central portion of the muscle. Importantly, these options are not mutually exclusive.

Consistent with these potential functions for myonuclear positioning, biopsies of the muscles from patients with several different muscle disorders display large numbers of myofibers with centrally positioned nuclei (>25% compared to <3% in unaffected individuals). Mispositioned nuclei were originally noted with respect to muscle disease by Dr. Spiro (Spiro et al., 1966) regarding a patient with Myotubular Myopathy, one of a subset of muscle diseases that would become collectively referred to as Central Nuclear Myopathies (CNM). However, centrally positioned nuclei are not unique to CNM and have been noted, and are prominent, in many distinct muscle disorders. Moreover, central nuclei have been routinely used for nearly 50 years as a pathological marker for differentiating muscle disorders from neurological disorders (Dubowitz et al., 2007). Indeed, muscle biopsies from patients with most muscle disorders, including relatively common disorders such as Duchenne Muscular Dystrophy (DMD) (Wang et al., 2000), Becker Muscular Dystrophy (BMD), and EDMD (Gueneau et al., 2009), show nuclei prominently within the center of individual muscle fibers.

However, despite the prevalence of centrally positioned nuclei in the myofibers of patients suffering from disparate muscle diseases, the importance of nuclear positioning to disease pathogenesis and muscle weakness is not clear. Moreover, there is little to be found in the scientific literature exploring the role of nuclear positioning in muscle function or disease. This is in part explained by the prevailing hypothesis that is used to explain centrally positioned nuclei: central nuclei are considered to be merely a marker of ongoing myofiber repair. This assumption is well supported by the general mechanisms of muscle development and repair during which all muscle nuclei undergo at least three dramatic movements.

Multinucleate muscle fibers form from the fusion of mononucleated myoblasts rather than through nuclear divisions in the absence of cytokinesis as was once thought (Capers, 1960). Upon fusion, each newly incorporated nucleus is actively moved to the center of the immature myotube (Kelly and Zacks, 1969; Cadot et al., 2012) (Figure 1). Following many fusion events, the myotube will mature into a myofiber. Historically, this maturation process is identified by the development of a dense myofibril network throughout the cell. However, this maturation process also correlates with the second type of nuclear movement during which nuclei are moved from the center of the myofiber to the periphery (Capers, 1960) and the third movement in which the distance between adjacent nuclei is maximized (Bruusgaard et al., 2003) (Figure 1). It is not clear whether the movement of the nuclei to the periphery and the assembly of the myofibril network are functionally linked and/or whether one process is dependent on the other. Yet, the coincident nature of these two events and the prevalence of aberrant nuclear positioning in individuals with muscle disease, suggest that the peripheral localization of nuclei and the maximizing of internuclear distance are important factors in muscle development.


[image: image]

FIGURE 1. Position of nuclei during muscle development as seen in cross-section (left) and longitudinal samples (right). As new nuclei (pink) are incorporated from myoblasts during fusion, they are rapidly moved to the center of the myotube by a process that requires the microtubule cytoskeleton (green). Thus, in the myotube, the nuclei are aligned in the center of the cell. As the myotube matures into a myofiber with the assembly of the sarcomere (blue), the nuclei move to the periphery of the muscle and reside directly above the sarcolemna (gray) and space to maximize the internuclear distance. Coincident with these nuclear movements, the microtubule cytoskeleton becomes highly ordered. Microtubules are nucleated at or near the nuclear envelope with some overlap of microtubules emanating from adjacent nuclei. Additionally, microtubules extend to the sarcomeres and run parallel to these highly ordered actin-myosin based structures. During repair, newly incorporated nuclei undergo movements similar to the movements of nuclei in the developing muscle. New nuclei are incorporated into the myofiber as myotubes fuse with the myofiber. The newly incorporated nuclei move to the center of the myofiber before moving out to the myofiber periphery in two separate microtubule-dependent processes.



Following the movement of nuclei to the muscle periphery, a small subset of muscle nuclei will undergo an additional movement. These myonuclei can move as either individuals or as clusters to the Neuromuscular Junction (NMJ) and stably localize there as clusters of between 3 and 8 nuclei (Englander and Rubin, 1987). This last movement to the NMJ is an active process, and these nuclei have unique transcriptional profiles and different levels of nuclear membrane proteins compared to the majority of the muscle nuclei (Sanes et al., 1991; Moscoso et al., 1995). Furthermore, it has been demonstrated that the positioning of these nuclei is essential for synaptic transmission (Jevsek et al., 2006) and that the absence of nuclei clustered at the NMJ correlate with neuro-muscular disease (Grady et al., 2005; Zhang et al., 2007).

Similar nuclear movements are seen during myofiber repair (Figure 1). First, activated satellite cells fuse with the damaged myofiber (Yin et al., 2013). However, rather than maintaining its position at the myofiber periphery where it fused, a newly incorporated nucleus is moved to the center of the myofiber before being moved back out to the cell periphery (Dubowitz et al., 2007). The reason for these long-range nuclear movements is not known. However, cross-sectional analysis reveals that many more myofibers will have centrally positioned nuclei when a muscle is undergoing repair compared to steady-state muscles. Thus, centrally positioned nuclei provide an easy assay to determine which myofibers are undergoing repair in response to either disease or physical insult (Dubowitz et al., 2007).

For all of these reasons, it has been presumed that centrally positioned nuclei are a consequence of continual myofiber repair in patients with muscle disease. Therefore, the possibility that mispositioned nuclei contribute to muscle weakness and disease have been ignored. However, that both nuclear movements are maintained in already mature myofibers suggests that there is a biological necessity to these movements. Significant energy is spent moving nuclei to the center of the myofiber and back to the periphery indicating that nuclear movement in muscle is necessary for proper muscle function. It is therefore essential to understand the mechanisms that drive these nuclear movements and the biological significance of these nuclear movements to fully understand and treat muscle disease.

Furthermore, many genes that are mutated in patients with muscle disease encode proteins that localize to the nucleus. The first identified proteins that localize to the nucleus and cause muscle disease have known roles in regulating gene expression (Maraldi et al., 2002; Tsukahara et al., 2002). Therefore, the initial, and still enticing, hypothesis was that muscle diseases associated with these mutations resulted from aberrant gene regulation. However, proteins that localize exclusively in the outer nuclear envelope and regulate the interactions between the nucleus and the cytoskeleton have recently been identified as mutated in patients with muscle disease (Wheeler et al., 2007; Zhang et al., 2007; Puckelwartz et al., 2009). Because these genes do not directly interact with the genome, these data raise the possibility that the nucleus may have a role in muscle development and function independent of its general role in gene regulation and might suggest a role for nucleus-cytoskeleton interactions and nuclear positioning in muscle development and disease pathogenesis.

We will review the mechanisms of nuclear positioning, specifically in muscle, from the perspective of both the nucleus and the cytoskeleton. Although we will discuss the mechanisms of nuclear movement in broad strokes, we will further focus the discussion toward genes known to be mutated in patients with muscle disease.

THE NUCLEUS

It is intuitive that proteins of the nuclear envelope will participate in the movement and positioning of nuclei. With few exceptions in which nuclei are moved by bulk movement of the cytoplasm (Ramos-García et al., 2009), nuclear envelope proteins are required for the nucleus to interact with the cytoskeleton. In turn, the cytoskeleton provides the force to move nuclei, but requires specific and often highly regulated interactions with the nuclei (Gundersen and Worman, 2013). This is true in muscle also. Both the LINC complex (Linker of nucleoskeleton and cytoskeleton; reviewed Tapley and Starr, 2013), and the nucleoskeleton, which is a filamentous network of proteins that provides structure to the nucleus, are essential for nuclear movement and positioning in muscle cells. Moreover, mutations in several of these proteins have been identified in patients with muscle disease, specifically EDMD (Stewart et al., 2007).

THE LINC COMPLEX

The LINC complex is composed of Nesprin proteins (also known as Klarsicht, Anc, and Syne Homology (KASH) proteins) that span the outer nuclear envelope and SUN proteins that span the inner nuclear envelope. Nesprin proteins come in many isoforms. Mammals have at least four different Nesprin genes and each of these genes is differentially spliced to form in total dozens of Nesprin proteins. Similarly, SUN proteins exist in at least two different varieties from two different genes termed Sun1 and Sun2. The LINC complex and its general roles in nuclear positioning have been reviewed (Tapley and Starr, 2013), but we will focus here in greater detail on the data from muscle systems and its impact on muscle function.

Capitalizing on work in C. elegans (Starr et al., 2001; Starr and Han, 2002), the role of the Nesprin protein, Syne-1, was examined in mouse muscles. Expression of a dominant negative Syne-1 protein, which can localize to the nucleus but cannot interact with the cytoskeleton, displaced endogenous Syne-1 from the nucleus without generally disrupting nuclear structure. The disruption of endogenous Syne-1 localization did not appear to dramatically impact the peripheral localization of nuclei nor did it affect their general spacing. However, the clustering of nuclei at the NMJ was lost (Grady et al., 2005). Further analysis found that genetic deletion of the Syne-1 KASH domain, the domain that enables localization to the nuclear envelope, caused both synaptic and non-synaptic nuclei to be mispositioned (Zhang et al., 2007; Puckelwartz et al., 2009). Similarly, deletion of both SUN proteins, Sun-1 and Sun-2, resulted in fewer nuclei at the NMJ and the clustering of nuclei throughout the muscle fiber (Lei et al., 2009). Finally, although disruption of Syne-1 did not impact Sun-1 or Sun-2 localization (Grady et al., 2005), the deletion of Sun1/2 decreased the localization of Syne-1 to the nucleus. However, neither Sun1/2 deletion nor Syne-1/Syne-2 deletion impacted the organization of the nucleoskeleton (Lei et al., 2009). This indicates that the localization of proteins necessary for nuclear movement in muscle proceeds in a unidirectional manner from the nucleoplasm to the cytoskeleton.

The role of the LINC complex in positioning muscle nuclei is not confined to in vivo mouse muscles. The same proteins have been shown to be essential for moving nuclei in the mouse cell culture system of C2C12 myotubes. Specifically, it has been demonstrated that disruption of the LINC complex by expression of a dominant negative Syne-1 protein, similar to the experiment carried out in vivo, causes nuclei in vitro to move less dynamically and therefore to cluster (Wilson and Holzbaur, 2012). Similarly, in developing Drosophila larvae, deletion of the KASH domain from either of two KASH domain proteins in the genome (Klarsicht and Msp-300) results in clustered nuclei in the larval muscles (Elhanany-Tamir et al., 2012). Furthermore, mutation of the Drosophila SUN protein Klaroid, affected the position of nuclei in the embryonic musculature (Elhanany-Tamir et al., 2012).

The precise role of these LINC complex proteins during nuclear movement in muscles is not known. However, in a general sense, they enable the nucleus to interact with the cytoskeleton, which provides the force to move nuclei. For example in the C2C12 culture system, it has been demonstrated that KASH proteins enable the microtubule motors Kinesin-1 and cytoplasmic Dynein to interact with and move nuclei (Wilson and Holzbaur, 2012). This is consistent with data from several other systems including C. elegans (Meyerzon et al., 2009; Fridolfsson et al., 2010) and mammalian neurons (Zhang et al., 2009; Yu et al., 2011). But the data from Drosophila larval muscles suggest an alternative mechanism in which the KASH proteins are necessary to maintain microtubule-nucleus interactions (Elhanany-Tamir et al., 2012). Supporting this hypothesis, many KASH domain-containing proteins harbor domains that can directly interact with the cytoskeleton. However, despite the dramatic effect that the loss of KASH proteins have on microtubule organization, the effect could be indirect and result from inefficient recruitment of the aforementioned microtubule motors. Further work is necessary to distinguish these mechanisms and/or demonstrate how the two mechanisms are coordinated.

Another confounding issue in these data is that the initial study in mouse, in which Syne-1 and Syne-2 were displaced from the nuclear envelope by the expression of the Syne-2 KASH domain, only affected the positioning of the synaptic nuclei. It is not clear why the displacement of the endogenous protein from the nuclear envelope causes a different phenotype than does the expression of a KASH-less protein. A simple interpretation of these data is that a portion of the endogenous protein remains localized to the nucleus even in the presence of the dominant negative, and that the synaptic nuclei are more sensitive to levels of endogenous Syne-1 and Syne-2. However, further work is necessary to fully understand these data.

THE NUCLEOSKELETON

The nucleoskeleton is a meshwork of proteins contained within the nucleus and adjacent to the inner nuclear membrane that provides the nucleus with its shape and its ability to withstand mechanical stresses. The primary components of the nucleoskeleton are the nuclear lamin proteins which exist in several varieties. There are two B-type lamins that originate from two genes, LMNB1 and LMNB2. The A-type lamins, Lamin A and Lamin C, are, respectively, the immature and fully processed gene products of the LMNA gene and will be the forms discussed here; it is these proteins that directly contribute to nuclear positioning in muscles, and mutations in the LMNA gene result in the autosomal dominant form of EDMD (Stewart et al., 2007).

Work in cell culture has demonstrated that in the absence of Lamin A/C, nuclear movement is inhibited (Lee et al., 2007; Hale et al., 2008; Houben et al., 2009; Folker et al., 2011), the ability of the nucleus to withstand physical stress is limited (Broers et al., 2004; Lammerding et al., 2004), and the ability of the cell to organize its genome is compromised (Gnocchi et al., 2011; Mattout et al., 2011). Each of these biological functions has been, and continues to be, explored as possible pathogenic mechanisms of LMNA mutations and significant data support each of these hypotheses.

The first Lmna−/− mouse study was published in 1999 and changes in both nuclear structure and nuclear localization were noted. Moreover, mice lacking Lamin A/C were described as dystrophic (Sullivan et al., 1999). All of these characteristics were similar to those described in human EDMD patients carrying LMNA mutations (Bonne et al., 2000). Similarly, larval muscles in Drosophila which lack Lamin C (the only A-type lamin in Drosophila) have nuclei with variable and distorted structures that are commonly mispositioned (Dialynas et al., 2010; Zwerger et al., 2013). Yet, none of these studies have been able to clarify the relative contributions of distorted nuclear structure and aberrant nuclear positions to muscle disease.

Attempts to clarify this question using cell culture based systems have added support for each possibility. For example, more detailed rheological analysis has clearly demonstrated that not only does the loss of Lamin A/C make cells and their nuclei more sensitive to mechanical stress, but that mutations which cause EDMD have the same effect (Zwerger et al., 2013). Similarly, LMNA mutations that when heterozygous in humans cause EDMD inhibit nuclear movement when expressed in fibroblasts suggesting a dominant negative role for these mutations. Interestingly, LMNA mutations that cause Dunnigan Type 2 Familial-Partial Lipodystrophy, also in a dominant negative manner, have no effect on nuclear movement, suggesting that mediating nuclear positioning or nuclear-cytoskeletal interactions are a function of Lamin A/C that is particularly important in muscle (Folker et al., 2011).

Finally, although the experiments in Drosophila do not differentiate between effects on nuclear structure, gene regulation, and nuclear position, they do provide insight toward the relevance of nuclear position. As noted previously, the consensus has been that the mispositioned nuclei in patients with muscle disease are merely a result of ongoing myofiber repair. However, there is no evidence that Drosophila larval muscles undergo repair. Yet, the nuclei in Drosophila larval muscles are dramatically mispositioned when Lamin C is absent or when disease causing variants of Lamin C are expressed only in the muscle (Dialynas et al., 2010). This suggests that myonuclear positioning is an active and critically maintained process and that all nuclear mispositioning is not merely a marker of ongoing muscle repair.

Taken together, these data make clear that Lamin A/C is essential for proper nuclear positioning in muscle. Additionally, and most importantly for this discussion, is that the contribution of Lamin A/C to nuclear position is inhibited by mutations that cause muscle disease. This correlation suggests that the role of Lamin A/C in positioning nuclei may contribute to muscle weakness and disease. More generally, these data further suggest that the positioning of the nucleus within the muscle may be fundamentally important and that aberrant nuclear positioning may contribute to disease pathogenesis.

Proteins that interact with the Lamin A/C also cause muscle disease and have also been implicated in regulating nuclear structure, gene expression and nuclear position (Zhong et al., 2010). Emerin (EMD) is among the best described Lamin-interacting proteins; it was identified as a gene mutated in patients with X-linked EDMD prior to the identification of LMNA as the gene responsible for the autosomal dominant form of EDMD (Bione et al., 1994). Emerin null fibroblasts are similar to Lamin null fibroblasts in that they fail polarize and instead form inefficient nucleus-cytoskeleton interactions (Chang et al., 2013; Ho et al., 2013). However, the analysis of Emerin and its functions in vivo are limited when compared to Lamin A/C. Analysis of the Emerin null mouse has likely lagged relative to the Lamin null mouse due to the lack of phenotype. Although the Emerin null mouse does have delayed muscle regeneration (Melcon et al., 2006), there are no overt dystrophic phenotypes (Melcon et al., 2006; Ozawa et al., 2006). The reason for this discrepancy requires further examination, but perhaps Emerin is involved in enhancing or specifying a specific Lamin A/C function. If Lamin A/C is contributing to muscle function through multiple pathways, one might reason that the effects of mutating each individual regulating protein would be diminished relative to loss of Lamin A/C itself.

Unfortunately, it is not clear how mutations in EMD and LMNA cause muscle disease. However, both genes are necessary to maintain the structure of individual nuclei, to position nuclei, and to maintain proper gene regulation as discussed above. Perhaps these three aspects of nuclear biology in muscle are critically linked.

Indeed, it has been argued that improper gene regulation in Lmna null mice causes the clustering of nuclei. This clustering is particularly evident near the NMJ, and nuclei in this location vary from levels of almost no acetylated histone H3 to high levels of acetylated histone H3. This is contrasted by the nuclei in WT muscles which have consistent and moderate levels of acetylated histone H3 (Gnocchi et al., 2011). However, it is equally plausible that improper positioning leads to the change in gene expression. There is in fact clear evidence that nuclear position can influence gene expression. For example, nuclei at the NMJ have a unique transcriptional profile relative to the non-synaptic nuclei (Jevsek et al., 2006). Perhaps nuclei being in close proximity can communicate and coordinate their transcriptional output such that individual nuclei down-regulate transcription. Alternatively, nuclei may sense the proximity of other nuclei and up-regulate transcription in an effort to repair or remodel the muscle. Although the cause-effect relationship is not clear, that both phenotypes are common and can be caused by mutations in the nucleoskeleton highlights the need to better understand how these processes relate to muscle function. The ability to affect the position of nuclei without directly affecting their transcriptional profile, and vice versa, is essential to gaining a full understanding of this relationship.

THE CYTOSKELETON

Movement of nuclei by the cytoskeleton is seen in eukaryotes ranging from yeast to mammals and is relevant to processes ranging from DNA segregation during mitosis to cellular locomotion (Gundersen and Worman, 2013). In the next several paragraphs we will consider how the cytoskeleton moves nuclei and will focus on mechanisms determined in muscle systems.

Two different cytoskeletal networks have been demonstrated to drive nuclear movements. Most nuclear movements, in both muscles and other tissues, are driven by microtubules and their associated proteins and motors. Other nuclear movements and positioning events require the action of the actin cytoskeleton and its associated factors. In most cellular contexts the actin network and the microtubule network are intimately connected, often co-regulated, and can directly impinge on the activity of the other, making it difficult to discern the specific effects of either network (Rodriguez et al., 2003). Still, several mechanisms of either nuclear movement or nuclear positioning have been elucidated and attributed to one cytoskeletal network or the other.

MICROTUBULES

The organization of the microtubule network in muscle cells is different from that in most other cell types. Most eukaryotic cells have a single microtubule organizing center (MTOC) from which most microtubules emanate and at which microtubule minus-ends are anchored. In higher eukaryotes this is accomplished by the centrosome and in many lower eukaryotes such as yeast, this is accomplished by an analogous structure called the spindle pole body. Muscle cells do not have a single MTOC. This is not merely a result of having many nuclei because each nucleus has several associated MTOCs. In culture, after myoblasts fuse to a growing myotube they disassemble their centrosome and redistribute their pericentriolar material and γ-tubulin around the entire nuclear envelope (Tassin et al., 1985) and in smaller quantities to the Golgi apparatus (Ralston et al., 2001). Similar organization is seen in vivo, where each nuclear envelope and Golgi apparatus thus serves as a MTOC with microtubules emanating from many locations on both the nucleus and the Golgi apparatus (Oddoux et al., 2013). Given that there are often tens to hundreds of nuclei in a given muscle, mature muscles have microtubules that originate from many distinct locations.

Except for the number of MTOCs, the microtubules emanating from the nuclei behave similarly to those in other cell types. Microtubules grow in all directions with equal probabilities and have similar dynamics to microtubules in standard cell culture experiments (Wilson and Holzbaur, 2012) and in vivo (Oddoux et al., 2013; Folker et al., 2014). However, this is not the only microtubule network in muscle cells. In the mature muscles of mammals and flies, a second microtubule network is present within the myofibril network and is characterized by a significantly different population of microtubules. Microtubules in this region are less dense and are oriented such that they run along the length of the myofibrils, with occasional microtubules running transversely between the myofibrils (Kano et al., 1991; Metzger et al., 2012). Additionally, it appears that many of the microtubules that exist in this central portion of the muscle originate from perinuclear regions near the muscle periphery (Kano et al., 1991). Thus, it is likely that the nuclei serve as the MTOC for both microtubule networks that are observed within skeletal muscle. Furthermore, given that microtubules are directly interacting with nuclei in muscles, the organization and activity of the microtubule cytoskeleton will inevitably impact the spatial distribution of nuclei.

The role of microtubules in positioning muscle nuclei dates back to early studies using explants from chick embryos which demonstrated that nuclei moved, rotated and eventually became fixed in position (Capers, 1960). Subsequent analysis using cultures derived from mice and rats found that nuclei underwent similar movements and further demonstrated that the dynamic movements required microtubules. Specifically, it was shown that if microtubules were depolymerized with colchicine, nuclear movements and rotations stopped (Englander and Rubin, 1987).

Remarkably, little more was learned regarding how the microtubule cytoskeleton moves muscle nuclei until recently. New work has confirmed a role for microtubules in moving muscle nuclei and expanded the mechanistic understanding of the process. Generally, the proteins that move nuclei in other systems (Gundersen and Worman, 2013) contribute to the movement of nuclei in muscle systems.

The two factors that generate most of the force that moves nuclei in muscles are the two microtubule motors, Kinesin-1 that moves toward microtubule plus-ends, and cytoplasmic Dynein that moves toward microtubule minus-ends. These two motors are also essential for microtubule based nuclear movement in virtually every other system (Tapley and Starr, 2013), suggesting that the basic mechanisms are conserved among cell types and species. However, there are several unique aspects to nuclear movements in muscle. Furthermore, recent analyses have described distinct mechanisms that contribute to different types of nuclear movements in muscle both in vivo during embryonic Drosophila development and in mouse culture systems (Cadot et al., 2012; Folker et al., 2012; Metzger et al., 2012; Wilson and Holzbaur, 2012).

One of the most striking aspects of nuclear movement in muscle is that the nuclei dynamically rotate in three dimensions during translocation. This aspect was also first noted in cultures derived from chick embryos (Capers, 1960) but has recently been described in mammalian culture systems (Wilson and Holzbaur, 2012) and developing Drosophila embryos (Folker et al., 2014). Furthermore, moving myonuclei in the developing Drosophila embryo have a defined leading and lagging edge which enables rapid changes in nuclear shape. These shape changes require the coordinated actions of Kinesin and Dynein at the nucleus, an aspect of nuclear movement that has to date only been described in developing muscle (Folker et al., 2014).

The role of these rotations and shape changes are not clear. However, each of these reports hypothesizes that these behaviors provide nuclei with a unique ability to maximize movement velocity in dense cellular and embryonic environments. Similar rotations of translocating nuclei have been noted in C. elegans where rotations were also proposed as a means to navigate the dense cellular environment (Fridolfsson and Starr, 2010). Additionally, dramatic changes in nuclear shape have been noted in neurons (Tsai et al., 2007) where they seem to be essential to move through spatially restricted environments.

Although similar behaviors have been noted in other systems, the mechanisms and persistence of these behaviors in muscle are different. For example, the nuclear rotations in C. elegans appear to occur only to navigate past blockages whereas in muscle, nuclear rotations are common and are not strictly correlated with defined translocation (Wilson and Holzbaur, 2012; Folker et al., 2014). Additionally, the changes in nuclear shape during translocation in neurons are dependent only on the activity of Dynein from a position distant from the nucleus (Tsai et al., 2007), whereas the analogous behavior in muscle requires the spatially segregated activities of Dynein and Kinesin (Folker et al., 2014). These distinctions may be driven by the multinucleate nature of muscle and may reveal information regarding interactions between nuclei. If nuclei do indeed interact with one another, it is likely that nuclear position affects these interactions. Altered interactions between nuclei could greatly influence the maintenance of myodomains as well as the transcriptional profile of individual nuclei, and thus have dramatic effects on muscle structure and function.

Kinesin and Dynein move nuclei in muscle systems but they contribute to different types of movement using different arrays of regulators/accessory proteins. Consider again the types of nuclear movement in the muscle. In simple terms, there is (1) movement to the center of the myotube/myofiber following fusion, (2) movement of each nucleus to the muscle periphery, (3) equidistant spacing of nuclei, and (4) movement of nuclei to the NMJ. Experiments using mouse culture systems have identified the small GTPase Cdc42, and the polarity proteins Par6 and Par3, as necessary for newly fused nuclei to move toward the center of the myotube (Cadot et al., 2012). Each of these proteins contributes to nuclear movement in other systems by enabling Dynein anchored at the cell cortex to pull nuclei that are attached to microtubule minus-ends toward itself (Kotak and Gönczy, 2013). Nuclei in muscle are moved by a similar mechanism, but the details may be slightly different. In immature myotubes, Dynein, Par3, and Par6 localize to the already incorporated nuclei. From the central cluster of nuclei, Dynein pulls the new nuclei to the myotube center (Cadot et al., 2012). In vivo experiments looking at embryonic muscle development in Drosophila suggest mechanisms more analgous to those in C. elegans. Specifically, Dynein is anchored at the muscle cortex by Pins and pulls microtubule minus-ends and the attached myonuclei toward the end of the muscle dependent on the microtubule plus-end tracking protein, CLIP-190 (Folker et al., 2012). The difference between the data in mammalian cell culture and that in developing Drosophila embryos may result from in vitro/in vivo differences or because different types of nuclear movement are being analyzed. That other mechanisms seem to be conserved between the two systems suggests that the latter may be the case.

The study of nuclear movement in muscle has revealed novel behaviors of moving nuclei (Wilson and Holzbaur, 2012; Folker et al., 2014), and has also identified proteins with novel roles in nuclear movement. MAP7/Ensconsin was long ago identified as a microtubule associated protein (Bulinski and Bossler, 1994), but a cellular role for this protein had not been identified. Work in both the developing muscles of the Drosophila embryo and mammalian cell culture have found MAP7/Ensconsin to be essential for nuclear movement in muscle (Metzger et al., 2012). Additionally, unlike Cdc42, Par6, Par3, and Dynein, MAP7/Ensconsin does not affect the movement of nuclei toward the muscle center, but is essential only for the spacing of nuclei throughout the muscle by a mechanism identified in both developing Drosophila and mammalian culture systems further illustrating that different types of nuclear movement in muscle are driven by distinct mechanisms (Cadot et al., 2012; Metzger et al., 2012). The mechanism by which MAP7 contributes to nuclear movement is not known. However, MAP7 can physically interact with Kinesin (Metzger et al., 2012), and the Drosophila homolog of MAP7, Ensconsin, can increase Kinesin-microtubule interactions, thus resulting in increased Kinesin motility (Sung et al., 2008). Finally, a fusion protein containing the MAP7 microtubule binding domain and the Kinesin motor domain can move nuclei (Metzger et al., 2012). These data have all been used to suggest that MAP7/Ensconsin helps spread and maintain the spacing between nuclei by enabling Kinesin to slide antiparallel microtubules which emanate from neighboring nuclei, similar to the way in which Kinesin and Ensconsin transport microtubules in neurons (Barlan et al., 2013). The result of this sliding is the pushing apart of adjacent nuclei similar to the mechanism by which mitotic spindles are elongated in cell divisions (Metzger et al., 2012).

To date, mutations in Dynein and its regulatory proteins, Kinesin and its regulatory proteins, and MAP7/Ensconsin have not been identified in patients with muscle disease. That is likely due to the very fundamental roles each of these proteins play in all cells. Thus, if the ability of Dynein and/or Kinesin to move nuclei is eliminated, its ability to move other cargos throughout the cell are also likely compromised. However, these analyses have provided insight to the relevance of nuclear positioning in muscle. Tissue specific depletions of these proteins in Drosophila have confirmed that these proteins have a muscle autonomous effect on nuclear positioning without affects on nuclear morphology (Folker et al., 2012; Metzger et al., 2012). Yet, the ability of Drosophila lacking these proteins specifically in the muscle to move is inhibited (Folker et al., 2012; Metzger et al., 2012). This is not to suggest that nuclear morphology and gene regulation are not essential and relevant contributions to disease. Instead these data makes evident that the clustering of nuclei, in the absence of other obvious defects in muscle architecture, does inhibit muscle function.

ACTIN

There are far fewer examples of actin-dependent nuclear movement compared to microtubule-dependent nuclear movement throughout biology. Furthermore, there is no evidence of actin-dependent nuclear movement in muscle. However, there is evidence that actin contributes to the anchoring of nuclei in different locations (Zhang et al., 2002, 2010; Puckelwartz et al., 2009). Additionally, there is substantial evidence from experiments in cell culture that nuclear proteins interact with actin and that these interactions can influence nuclear structure (Nikolova et al., 2004; Lüke et al., 2008; Khatau et al., 2009), cellular rheology (Maniotis et al., 1997; Lammerding et al., 2004), and nuclear movement and positioning (Luxton et al., 2010).

In fibroblasts, actin moves the nucleus as an initial step in cell migration (Gomes et al., 2005). Furthermore, this movement requires the same LINC complex components that are mutated in patients with muscle disease. As in muscle, the LINC complex enables the direct interaction between the nucleus and the cytoskeleton, but in this case the nucleus interacts with the actin cytoskeleton rather than the microtubule cytoskeleton (Luxton et al., 2010). Similarly, Lamin A/C is necessary for nuclear movement in this system and contributes by serving as an anchor for the LINC complex so that it can couple the movement of actin to the nucleus. Essential to this review, mutations in Lamin A/C that cause muscle disease also inhibit the ability of the nuclear lamina to anchor the LINC complex (Folker et al., 2011). This raises the possibility that the ability of Lamin A/C to anchor the LINC complex so that force can be transmitted from the cytoskeleton to the nucleus is fundamental to muscle biology and muscle disease pathogenesis.

Only one report has suggested even indirect roles for actin in regulating the position of myonuclei in vivo. It was demonstrated that the KASH domain containing protein, Msp-300, was essential for nuclear positioning in larval muscles. Although most of this work focused on the effects that the loss of Msp-300 had on the organization of microtubules, it also found Msp-300 to be localized to the Z-disks suggesting a role in sarcomere organization (Elhanany-Tamir et al., 2012). Furthermore, although Msp-300 did not interact directly with actin, it did interact with actin via the thick filament protein, Titin and these interactions may be necessary for proper nuclear positioning.

Although there is limited evidence for actin dependent nuclear movement in muscle, the fact that genes identified as causes of EDMD are essential for actin-dependent nuclear movement in other systems is compelling. Furthermore, it has been reported that mutations in each of these genes in addition to having effects on the nucleus as discussed throughout this review, also affect actin organization (Ho et al., 2013). And work in Drosophila and mice has found that the genetic disruptions that cause nuclear mispositioning (along with other effects) also impact the organization of the actin cytoskeleton (Dialynas et al., 2010). Thus, despite far less evidence for actin dependent nuclear movement, further exploration of this possibility is necessary.

CONCLUSION

The subcellular structure and organization of muscle has been studied since the advent of microscopes. Although, the assembly and organization of myofibrils which dominated early research is still being examined, new avenues of research have emerged. In general, the questions of where the different organelles are located, why they are located in such a manner, how they become localized, and whether the organization of different organelles are linked have garnered increased focus. Yet, the complex organization of individual muscle cells, the multinucleate nature of individual muscle cells, and the bundling and further bundling of these cells have provided many obstacles to detailed understanding of muscle development.

Nevertheless the technology and systems to address these questions are becoming available (Oddoux et al., 2013). Although this review focused on how nuclei move and the correlations between nuclear positioning and muscle disease, similar analyses have been performed with respect to mitochondria (Pathi et al., 2012), t-tubules (Flucher et al., 1994) and other organelles. We have highlighted some of the data regarding the mechanisms of nuclear movement in muscle and indicated that the basic principles of nuclear movement are conserved between species and between cell types. The conservation of the proteins used to move nuclei provides a list of proteins to examine in systems of muscle development. Furthermore, it expands the list of targets that we should evaluate in patients suffering from muscle disease.

Indeed, many of the proteins that are necessary to move nuclei are mutated in individuals with muscle disease. However, this is almost exclusively true of those proteins that localize to the nucleus and contribute from that location by regulating the interactions between the nucleus and the cytoskeleton. The cytoskeletal proteins that contribute to nuclear movement in muscle have not yet been linked to muscle disease. This is likely because mutations that would affect the ability of the cytoskeleton to move nuclei would also cause general developmental defects as has been demonstrated for Kinesin (Wang et al., 2013). But it is important that the contribution of these proteins to nuclear movement not be ignored on grounds that they do not cause disease. With regards to basic biology, these genes can provide a means to study nuclear position in the absence of global effects on nuclear architecture and gene regulation. More therapeutically relevant, they are essential for a process that is highly correlated with disease. Thus, with sufficient understanding it may be possible to circumvent the disease causing mutations by targeting the cytoskeleton.

Despite the high correlation between aberrant nuclear positioning and muscle disease the idea that nuclear position in muscle is essential for muscle function will likely remain controversial. Recent analyses in Drosophila which demonstrated reduced muscle output when nuclei were mispositioned without additional underlying defects (Metzger et al., 2012) may convince some, but not all. However, reconsidering the process of muscle repair may provide the most compelling evidence that nuclear movement is important and essential, even if mispositioned nuclei do not cause disease. Organisms, and cells, in general optimize their energy usage. With that premise, it is unlikely that nuclei would move to the center and then back out to the periphery of an already mature myofiber. Energetically speaking it would be far more efficient to incorporate a new nucleus at the point of entry at which point the nuclei could undergo slight movements to space along the myofiber. Nuclear movement to the center and then back to the periphery of a muscle must be essential to muscle development and repair. With newly found focus we may soon understand the biological necessity of these long range nuclear movements in muscle.

Finally, nuclear position is almost certainly not the final answer with regards to muscle disease. But with the evidence that nuclear positioning is essential to muscle function is increased, making it time that the muscle biology community begin to consider centrally localized nuclei as more than merely a marker of ongoing muscle repair and as a phenotype that may influence muscle function and health.
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The stress-inducible 70-kDa heat shock protein (HSP70) is a highly conserved protein with diverse intracellular and extracellular functions. In skeletal muscle, HSP70 is rapidly induced in response to both non-damaging and damaging stress stimuli including exercise and acute muscle injuries. This upregulation of HSP70 contributes to the maintenance of muscle fiber integrity and facilitates muscle regeneration and recovery. Conversely, HSP70 expression is decreased during muscle inactivity and aging, and evidence supports the loss of HSP70 as a key mechanism which may drive muscle atrophy, contractile dysfunction and reduced regenerative capacity associated with these conditions. To date, the therapeutic benefit of HSP70 upregulation in skeletal muscle has been established in rodent models of muscle injury, muscle atrophy, modified muscle use, aging, and muscular dystrophy, which highlights HSP70 as a key therapeutic target for the treatment of various conditions which negatively affect skeletal muscle mass and function. This article will review these important findings and provide perspective on the unanswered questions related to HSP70 and skeletal muscle plasticity which require further investigation.
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INTRODUCTION

The 70 kDa heat shock protein (Hsp70/HSPA) family is one of the most evolutionary conserved protein families across both prokaryotic and eukaryotic organisms (Brocchieri et al., 2008). Due to their key roles as molecular chaperones, members of the Hsp70 family are most widely known for their involvement in promoting cellular proteostasis and survival throughout the lifespan and during periods of stress (Morimoto, 1991). However, this important family of proteins possesses several additional functions, including the regulation of various cell signaling pathways involved in cell growth and inflammation (Asea et al., 2000; Nollen and Morimoto, 2002).

In humans, there are at least 13 different genes that encode for distinct Hsp70 proteins, but which share a common domain structure, including HSPA1A, HSPA1B, HSPA1L, HSPA2, HSPA4, HSPA4L, HSPA5, HSPA6, HSPA7, HSPA8, HSPA9, HSPA12A, and HSPA14 (Kampinga et al., 2009). The protein products encoded by these genes are localized to various subcellular compartments, and differ in their pattern of expression across various tissues. Among the most well studied Hsp70 family members are the constitutively expressed 70 kDa heat shock cognate protein (HSC70 or HSC73), encoded by the HSPA8 gene, and the stress-inducible Hsp70 family members, encoded for by the HSPA1A and HSPA1B genes and whose protein products differ by only two amino acids. Due to inconsistencies in nomenclature, the proteins produced by these inducible genes are referred to by several different names. HSP70-1/HSP72/HSPA1/HSPA1A each refers to the protein product of HSPA1A, while HSP70-2/HSPA1B both refer to the protein product of HSPA1B. Moreover, due to the high homology of HSP70-1 and HSP70-2, and the belief that these are fully interchangeable proteins, these proteins are often collectively referred to as simply HSP70, or more commonly in the muscle literature, as HSP72.

In the last decade, the importance of HSP70 in skeletal muscle has gained significant attention, due to its induction in response to various physiological and pathophysiological stimuli, and its speculated role in the muscle adaptations to these stimuli. This article will therefore, review the studies which have provided key experimental evidence surrounding the biological functions of HSP70 in skeletal muscle. More specifically, this article will focus on the studies which have demonstrated its critical role in (1) protecting against muscle damage, (2) promoting muscle regeneration and recovery, and (3) maintaining skeletal muscle mass and integrity. In doing so, the potential of HSP70-targeted therapeutics for the treatment of both skeletal muscle injuries and muscle wasting disorders will be highlighted. Importantly, since the majority of these studies were performed in rodent models, the use of HSP70 in this article will be in reference to the inducible HSP70 proteins encoded by the rodent Hspa1a and Hspa1b genes.

HSP70 AND SKELETAL MUSCLE DAMAGE AND REGENERATION

HSP70 OVEREXPRESSION

The inducible HSP70 is increased in skeletal muscle following various perturbations such as exercise (Hernando and Manso, 1997; Milne and Noble, 2002; Morton et al., 2009) and muscle injury (Senf et al., 2013), and during the periods of muscle re-growth and regeneration associated with these conditions (Selsby et al., 2007; Senf et al., 2013). In contrast, HSP70 is decreased during prolonged periods of muscle inactivity (Lawler et al., 2006; Chen et al., 2007; Senf et al., 2008) when muscles undergo significant remodeling to reduce myofiber size to match the reduced force demands placed on the muscle. Due to these observations, HSP70 has long been considered to play an important role in regulating skeletal muscle plasticity.

The first definitive evidence that HSP70 regulates skeletal muscle plasticity was demonstrated through the use of muscle-specific Hsp70 transgenic (Tg) mice, and was published by McArdle et al. (2004). In this study, muscles from wild type (WT) mice and Hsp70 Tg mice were damaged through inducing lengthening muscle contractions, and the morphological and functional properties of these muscles subsequently compared. The authors found that 3 days following the lengthening contraction protocol, muscles from Hsp70 Tg mice showed less muscle fiber damage compared to WT, and reduced deficits in muscle specific force. At later time points Hsp70 Tg mice also showed earlier muscle functional recovery than WT. Thus, these findings demonstrate that upregulation of HSP70 is sufficient to protect against muscle damage and enhance muscle functional recovery. In a subsequent study, skeletal muscles from Hsp70 Tg mice were also found to have enhanced morphological recovery following muscle injury induced via cryolesioning (Miyabara et al., 2006). This study similarly linked their findings of enhanced recovery in muscles overexpressing HSP70 to reduced muscle damage in response to the injury stimulus. Markers of muscle satellite cell-activation were also measured in injured muscles, and found to be decreased in Hsp70 Tg mice compared to WT. This finding was not surprising since the extent of satellite cell-mediated repair should match the extent of muscle damage. In a more recent study, muscles from Hsp70 Tg mice also displayed enhanced recovery of fiber cross-sectional area (CSA) and function following a period of disuse muscle atrophy (Miyabara et al., 2012). Thus, these studies together provide considerable evidence that HSP70 upregulation is a feasible countermeasure to protect against muscle damage and enhance the recovery process.

A later study by Moresi et al. (2009) further demonstrated a more specific role of HSP70 in the augmentation of muscle fiber regeneration. In this study, HSP70 was overexpressed specifically in regenerating myofibers via electroporation of an Hsp70 expression plasmid into muscles 3 days following cryolesioning injury. Due to the timing of Hsp70 overexpression in muscles post-injury, this therefore, bypassed and eliminated the potential for ectopic HSP70 to interfere with the early damage sequela. When the CSA of regenerating myofibers positive for HSP70 or a control vector were measured and compared in muscles 7 days post-injury (4 days following plasmid electroporation), regenerating myofibers positive for HSP70 were significantly larger. Thus, the data from this study provided clear evidence that enhancing HSP70 expression post-injury can enhance the muscle regenerative process. This is highly significant from a therapeutic standpoint, since preventative treatments to reduce muscle damage in the event of acute injury are often unrealistic. Thus, HSP70-targeted therapeutics to enhance muscle regeneration and recovery may be particularly relevant to sports-related skeletal muscle strains and contusions, traumatic muscle injures and even spinal cord injury (SCI), since markers of regeneration were recently shown to be elevated in rat skeletal muscle following moderate spinal cord contusion (Jayaraman et al., 2013).

HSP70 KNOCKOUT

Collectively the studies discussed thus, far have provided key experimental evidence that Hsp70 upregulation protects against muscle damage and enhances the recovery process. However, until just recently, it was not clear whether HSP70 is necessary for the regenerative process, and whether a reduction in HSP70 alone is sufficient to enhance muscle damage and interfere with the regenerative process. This question is important in that skeletal muscle expression of HSP70, and the ability to induce its expression, is diminished with age concomitantly with the age-related decline in muscle regenerative capacity and rate of recovery following muscle damage (Vasilaki et al., 2002; McArdle et al., 2004). The study by McArdle et al. (2004) provided important evidence that these two events may be linked, since both adult and aged mice overexpressing HSP70 showed protection against muscle damage and enhanced functional recovery. However, loss of function studies using gene knockdown are also important in confirming this link, through establishing the biological requirement of HSP70 for these skeletal muscle processes. Therefore, my colleagues and I recently conducted experiments using mice which lack the inducible HSP70 coded for by Hspa1a and Hspa1b (Hsp70−/− mice). In these experiments muscles from WT and Hsp70−/− mice were injured via direct injection with cardiotoxin, which induces widespread muscle fiber necrosis, and is thus, a standardized and reproducible method to study the regenerative process. At various time points following the injury stimulus the extent of muscle inflammation, necrosis, and regeneration were subsequently compared. We found that injured muscles from Hsp70−/− mice had a significantly delayed inflammatory response to muscle injury which was followed at later time points by sustained inflammation and muscle fiber necrosis, fibrosis, and reduced CSA of regenerating myofibers (Senf et al., 2013). In addition, injured muscles lacking HSP70 also developed widespread calcifications during the recovery process. These findings therefore, provide strong evidence that HSP70 is necessary for successful muscle regeneration and recovery, and further link the age-related impairments in these critical skeletal muscle processes to deficits in HSP70.

The mechanisms whereby HSP70 regulates muscle regeneration and recovery following injury are still being elucidated. However, in our recent report we uncovered some important mechanistic details. Based on rescue experiments introducing an Hsp70 plasmid into muscles of Hsp70−/− mice either 4 days prior to injury or 4 days post injury, we establish that HSP70 plays an especially critical role within the first 4 days following injury to support the recovery process (Senf et al., 2013). The first several days following muscle injury are dominated by a highly coordinated inflammatory response involving the recruitment of various immune cell populations including neutrophils and macrophages which support muscle regeneration and repair (Tidball and Villalta, 2010). Infiltration of these immune cell populations contribute to muscle healing in various capacities, and their failure to infiltrate in a timely manner can certainly impede the recovery process. One important role is their involvement in the removal of necrotic cellular debris through phagocytosis, which allows viable muscle cells to successfully repopulate damaged areas. Since injured muscles from Hsp70−/− mice displayed a significantly impaired ability to recruit these important phagocytic immune cells in a timely manner, we hypothesize that this may have contributed to the persisting muscle inflammation and fiber necrosis seen in these mice at later time points. This notion is supported by the rescue experiments in which reintroduction of HSP70 into muscles of Hsp70−/− mice prior to cardiotoxin injury (but not post injury) prevented these deficits in muscle recovery.

So exactly how does HSP70 expressed by skeletal muscle fibers contribute to immune cell infiltration in response to injury? One possibility is through the immunostimulatory functions of HSP70 when localized to the extracellular environment. Studies on tissue injury of the heart, liver and skin have in fact demonstrated that HSP70 is released into the extracellular environment following tissue injury and facilitates the activation of pro-inflammatory processes and the recruitment of immune cells to the injury site (Dybdahl et al., 2002, 2005; Kimura et al., 2004; Kovalchin et al., 2006). Thus, a similar mechanism involving extracellular HSP70 may be involved in the inflammatory response to muscle injury. While this concept has previously been suggested by others (Lightfoot et al., 2009; Han et al., 2010), data generated in our recent study were the first to support this notion. In these experiments, recombinant HSP70 protein was directly injected into muscles of Hsp70−/− mice at the time of injury to simulate HSP70 release into the extracellular microenvironment. Using this method, we were able to completely restore early immune cell infiltration into injured muscles of Hsp70−/− mice, thus, providing a novel link between the inflammatory response to muscle injury and the extracellular functions of HSP70 (Senf et al., 2013). However, our understanding of HSP70 and its involvement in the inflammatory response to muscle injury is still in its infancy. Thus, additional studies are needed to elucidate the precise roles of HSP70 in the initiation of inflammatory processes in damaged muscle, and how this modulates the regenerative process.

As mentioned previously, the CSA of regenerating myofibers in muscles from Hsp70−/− mice were significantly smaller than WT (Senf et al., 2013). This indicates that HSP70 is necessary for the normal muscle fiber regeneration, and complements the previous findings of Moresi et al. (2009) which demonstrated that HSP70 overexpression enhances the CSA of regenerating myofibers. Although the mechanisms whereby HSP70 is necessary for myofiber regeneration are currently unclear, markers of satellite cell activation and proliferation in injured muscles from Hsp70−/− mice were not significantly compromised. Therefore, HSP70 may be dispensable for these early stages of the myogenic program. In contrast, HSP70 could regulate later stages of the myogenic program which support differentiation and the formation of multinucleated myofibers. This notion is supported by experiments from two separate studies in which introduction of an Hsp70 plasmid into muscles 3 or 4 days following injury enhanced the CSA and nucleation of regenerating myofibers (Moresi et al., 2009; Senf et al., 2013). However, as mentioned previously, additional studies detailing the effect of HSP70 overexpression and knockdown on each stage of the myogenic program are needed to better understand the role of HSP70 in these important cellular processes. Preferably, these experiments would be performed in both skeletal muscle cells in vitro and whole muscle, in vivo, to differentiate between the muscle cell autonomous and non-autonomous mechanisms whereby HSP70 regulates the muscle regenerative process following injury.

HSP70 AND MUSCLE WASTING AND DYSFUNCTION

In addition to the roles of HSP70 in facilitating muscle regeneration and recovery following injury, HSP70 also plays an important role in regulating muscle fiber size under baseline conditions and during conditions of muscle atrophy. Indeed, HSP70 is decreased in both adult and aged rats during periods of muscle disuse, and plasmid-mediated restoration of HSP70 expression in muscles during the disuse period significantly inhibits the associated fiber atrophy (Senf et al., 2008; Dodd et al., 2009). These findings were linked to HSP70 negatively regulating the Forkhead BoxO (FoxO) and Nuclear Factor κ B (NF-κ B) pathways, which are activated during multiple conditions of muscle atrophy and which drive the atrophy phenotype (Cai et al., 2004; Hunter and Kandarian, 2004; Sandri et al., 2004; Judge et al., 2007; Senf et al., 2010; Reed et al., 2012). Thus, reductions in HSP70 during conditions of atrophy may contribute to the atrophy phenotype through weakening the inhibition of these signaling pathways. Evidence that HSP70 is necessary for the maintenance of muscle fiber size and functional integrity is demonstrated by the muscle phenotype of adult Hsp70−/− mice, in which muscle fiber CSA and muscle specific force is reduced when compared to controls (Senf et al., 2013). This is further supported by evidence that the age-related decline in muscle specific force is prevented in muscles of aged mice overexpressing HSP70 throughout the lifespan (McArdle et al., 2004). This regulation of skeletal muscle functional integrity by HSP70 may be related to the finding that muscles from Hsp70 Tg mice also displayed enhanced antioxidant capacity (Broome et al., 2006), since oxidative stress may contribute to muscle dysfunction during the aging process. In addition, and perhaps related to this, HSP70 also appears to contribute to the maintenance of skeletal muscle quality during normal physiological conditions, since muscles from Hsp70−/− mice also had significant increases in the amount of extracellular tissue (non-muscle fiber tissue) surrounding the already smaller muscle fibers. The mechanisms responsible for the reduced fiber CSA in mice lacking HSP70 throughout the lifespan are not known. However, since induction of intracellular HSP70 represses pathways involved in muscle atrophy and inflammation in skeletal muscle (Chung et al., 2008; Senf et al., 2008), the lack of HSP70 may contribute to increases in these signaling pathways under baseline conditions. Alternatively, deficits in post-natal muscle growth in mice could play a role in this finding, since Hsp70−/− mice had deficits in the growth of regenerating myofibers, and both processes rely upon related cellular mechanisms to support fiber growth. Clearly, numerous unanswered questions still remain surrounding the mechanisms in which HSP70 regulates muscle fiber size and function. Nonetheless, these collective studies confirm that HSP70 is necessary for the maintenance of muscle fiber size and functional integrity, and highlight HSP70 upregulation as a key therapeutic strategy that may be beneficial during various skeletal muscle wasting disorders to maintain muscle mass and function.

One highly significant study surrounding the use of HSP70-targeted therapeutics for genetic muscle wasting disorders was recently published by Gehrig et al. (2012). In this study, the authors demonstrate that upregulation of the inducible HSP70 in mouse skeletal muscle (through either genetic or pharmacological means) ameliorates the dystrophic phenotype. This finding was demonstrated in two models of muscular dystrophy related to the absence of dystrophin, including the mdx model and the more severe dko model in which utrophin is also absent. Importantly, treatment of dystrophic mice with BGP-15, a pharmacological co-inducer of HSP70 that is currently being used in clinical trials, improved the dystrophic pathology of both limb and diaphragm muscles and extended lifespan. Thus, BGP-15 and other pharmacological inducers of HSP70 may be key therapeutic agents for muscular dystrophies. The mechanism whereby HSP70 improved the dystrophy phenotype in this study was linked to its regulation of the sarcoplasmic/endoplasmic reticulum Ca(2+)-ATPase (SERCA) protein, whose activity is compromised in severely dystrophic muscle. The activity of SERCA is critical in removing intracellular calcium, and HSP70 was found to interact with and enhance SERCA activity. Since increased intracellular calcium is a key activator of inflammatory and muscle degenerative pathways, maintenance of SERCA activity was proposed to be a key mechanism for the amelioration of the dystrophic phenotype in muscles overexpressing HSP70. However, since HSP70 also negatively regulates muscle atrophy pathways, enhances regenerative processes and promotes a timely and controlled inflammatory response to muscle damage, the beneficial effects of HSP70 upregulation on the dystrophic pathology could also be related to these additional skeletal muscle functions of HSP70. Regardless of the mechanism, the findings from this study clearly indicate that HSP70-targeted therapeutics have significant potential for the treatment of dystrophic muscle pathologies.

CONCLUSION

In summary, the inducible HSP70 is a critical skeletal muscle protein that positively regulates muscle size and function during health and disease. The studies which directly support this notion are summarized in Table 1. While several questions still remain surrounding the mechanisms responsible for this regulation, it is clear that therapeutics targeting HSP70 upregulation have strong potential for success in the treatment of both acquired and genetic muscle wasting disorders and in the treatment of muscle injuries. However, future studies should continue to delineate the cellular mechanisms whereby HSP70 regulates skeletal muscle plasticity. These studies are important not only from a mechanistic standpoint, but from a therapeutic standpoint, since the timing of HSP70 induction, route of administration, and duration of treatment to optimally enhance therapeutic benefits may be revealed from knowledge gained through these studies.

Table 1. List of studies which have directly manipulated Hsp70 expression to investigate the functions of Hsp70 in regulating skeletal muscle plasticity.
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Skeletal muscle is vital to life as it provides the mechanical power for locomotion, posture and breathing. Beyond these vital functions, skeletal muscle also plays an essential role in the regulation of whole body metabolism, e.g., glucose homeostasis. Although progressive loss of muscle mass with age seems unavoidable, it is critical for older people to keep the highest mass as possible. It is clear that the origin of sarcopenia is multifactorial but, in the present review, it was deliberately chosen to evaluate the likely contribution of one specific cellular stress, namely the endoplasmic reticulum (ER) stress. It is proposed that ER stress can: (1) directly impact muscle mass as one fate of prolonged and unresolved ER stress is cell death and; (2) indirectly create a state of anabolic resistance by inhibiting the mammalian target of rapamycin complex 1 (mTORC1) pathway. With age, many of the key components of the unfolded protein response, such as the chaperones and enzymes, display reduced expression and activity resulting in a dysfunctional ER, accelerating the rate of proteins discarded via the ER-associated degradation. In addition, ER stress can block the mTORC1 pathway which is essential in the response to the anabolic stimulus of nutrients and contractile activity thereby participating to the well-known anabolic resistance state in skeletal muscle during ageing. As exercise increases the expression of several chaperones, it could anticipate or restore the loss of unfolded protein response components with age and thereby reduce the level of ER stress. This hypothesis has not been tested yet but it could be a new mechanism behind the beneficial effects of exercise in the elderly not only for the preservation of muscle mass but also for the regulation of whole body metabolism.
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INTRODUCTION

Skeletal muscle is vital to life as it provides the mechanical power for locomotion, posture and breathing. Beyond these vital functions, skeletal muscle also plays an essential role in the regulation of whole body metabolism, e.g., glucose homeostasis. Although progressive loss of muscle mass with age seems unavoidable, it is critical for older people to keep the highest mass as possible. This loss of muscle mass, also called sarcopenia, becomes increasingly important at a socio-economically point of view due to the augmenting proportion of elderly in the contemporary society (Janssen and Ross, 2005). A reduction of skeletal muscle tissue reduces the ability of the organism to cope with changing metabolic demands and leads to and/or reinforces pathologies such as diabetes or obesity. Prevalence figures vary from roughly 7% to 70% of elderly suffering from sarcopenia, depending on age, sex, health status, comorbid conditions and others (Malafarina et al., 2012). The rate of skeletal muscle loss is estimated at 8% per decade from the 4th until 7th decade, and after 70 years, muscle loss would occur at a speed of 15% per decade. Loss of strength is estimated to be even larger (Malafarina et al., 2012). Counteracting sarcopenia and consequently increasing the independence of our elderly population is one of the major challenges at the moment.

SARCOPENIA AND ANABOLIC RESISTANCE

The term sarcopenia was first proposed in 1989 by Irwin Rosenberg and is derived from the Greek “sarx,” meaning flesh and “penia,” meaning loss (Rosenberg, 1989). Originally, sarcopenia referred thus to the loss of muscle mass associated with ageing. Since then, the significance of this term has been extended to the age-related loss of muscle strength as well. The skeletal muscle mass index (SMI) allows the quantification of the level of sarcopenia (Baumgartner et al., 1998). It is obtained by dividing appendicular skeletal muscle mass (ASM), evaluated by DEXA, by body height squared (ASM/height2). According to this definition, individuals presenting an ASM/height2 ratio between −1 and −2 standard deviations of the gender-specific mean value of young adults are categorized as having class I sarcopenia. Individuals with an ASM/height2 ratio below −2 standard deviations are categorized as having class II sarcopenia. Another definition of sarcopenia uses a percentage of the skeletal muscle index (SMI% = total muscle mass/body mass × 100) (Janssen et al., 2002). Other strategies have also been used to develop cut-points to distinguish between sarcopenic older adults and older adults with a relatively healthy muscle mass (Janssen and Ross, 2005).

The etiology of sarcopenia is rather complex since it involves non exhaustively: (1) alterations of the central and peripheral nervous system: α-motoneuron degeneration and muscle fiber denervation; (2) changes in hormones levels: decrease in testosterone, androgens, estrogens, growth hormone, insulin-like growth factor I and increase in myostatin; (3) nutritional factors: anorexia of ageing, vitamin D deficiency; (4) the immunological system: decrease in interleukin-1β, interleukin-6 and tumor necrosis factor levels; (5) skeletal muscle redox status: increased reactive oxygen species production, altered mitochondrial function and increased oxidative stress and; (6) a decrease in physical activity (Meng and Yu, 2010; Narici and Maffulli, 2010). Although the individual contribution of each factor is very difficult to establish, it may be generally stated that sarcopenia results from a mismatch between protein synthesis and protein degradation. In humans, basal protein synthesis and breakdown have been found to be unaffected or only slightly modified with ageing (Welle et al., 1995; Balagopal et al., 1997; Volpi and Rasmussen, 2000; Volpi et al., 2001; Cuthbertson et al., 2005). However, differences in protein synthesis between young and older individuals do exist in response to feeding and exercise, with older people showing a blunted response to anabolic stimuli. This phenomenon has been called anabolic resistance and seems to hold a major role in the development of sarcopenia (Rennie, 2009; Rennie et al., 2010; Breen and Phillips, 2013). Compared to young controls, older people show a lower increase in muscle protein synthesis in response to amino acid feeding under insulin clamping and to an acute bout of exercise (Cuthbertson et al., 2006). Likewise, despite the absence of differences in breakdown in the basal state, important differences have been recently discovered in response to feeding. The inhibition of proteolysis by insulin in response to feeding and activation of anabolic signaling pathway are blunted in older individuals compared with young adults (Wilkes et al., 2009). At a molecular point of view, the protein kinase B (PKB)/mammalian target of rapamycin complex 1 (mTORC1) pathway shows a blunted increase in phosphorylation after a meal in old compared with young people.

Whereas the origin of sarcopenia is obviously multifactorial, in the present review, it was deliberately chosen to evaluate the likely contribution of one specific cellular stress, namely the endoplasmic reticulum (ER) stress (Figure 1). It is proposed that ER stress can: (1) directly impact muscle mass as one fate of prolonged and unresolved ER stress is cell death and; (2) indirectly create a state of anabolic resistance by inhibiting the mTORC1 pathway.
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FIGURE 1. Hypothetical model for the involvement of ER stress in the decreased muscle mass observed with age. ? means untested relation.



ENDOPLASMIC RETICULUM STRESS

The ER is a membrane-bound cell organelle responsible for the folding, processing and trafficking to the cell surface of all secretory and integral membrane proteins. It is also a critical site for the quality control of proteins, calcium homeostasis and cholesterol and lipid biosynthesis. It contains a netlike membranous network that extends throughout the cytoplasm and can be connected with the nuclear membrane. It can therefore sense and transmit signals that originate in any cellular subcompartment (Kaufman et al., 2002). Protein maturation, folding and trafficking is of a huge strategical importance to cellular functioning and disturbances in ER homeostasis can impair its functioning. As a non exhaustive list, viral infection (Isler et al., 2005), abnormal calcium regulation (Pyrko et al., 2007), various mutations (Chen et al., 2013) as well as high-fat feeding (Deldicque et al., 2010) have all been found to disrupt ER homeostasis, thereby creating ER stress. These perturbations can lead to the accumulation of unfolded proteins and protein aggregates in the lumen of the ER which can be injurious to the cell. In a non-pathological situation cells ensure correct protein folding using a combination of molecular chaperones, foldases, and lectins. When these fail to restore the protein to its biological active structure the incorrectly processed proteins are targeted to the ER associated degradation (ERAD) or to degradation by autophagy (Kaufman et al., 2002; Ishida and Nagata, 2009; Verfaillie et al., 2010). Continued accumulation of incorrectly folded proteins can also trigger the unfolded protein response.

The unfolded protein response is a signaling pathway primarily aiming to protect the cellular integrity by restoring ER folding capacity by chaperone induction, attenuating protein translation, and degrading misfolded proteins (Wu and Kaufman, 2006; Chakrabarti et al., 2011). The unfolded protein response is composed of three main branches, each of them being activated by a specific stress transducer: protein kinase R-like ER protein kinase (PERK), activating transcription factor 6 (ATF6) and inositol-requiring enzyme 1 alpha (IRE1α). These stress transducers have a ER-luminal part that sense the protein-folding environment, and a cytoplasmic part that interact with the transcriptional and/or translational apparatus (Ron and Walter, 2007). In the basal state, they are all associated with the chaperone BiP also called glucose-regulated protein 78 (GRP78). Upon accumulation of unfolded/misfolded proteins each transducer can disassociate from BiP, which results in their activation (Gething, 1999). ATF6 and PERK are thought to be activated before IRE1α, consistent with the signals these effectors are transducing. The former two mainly promote ER adaptational responses to folding errors and the latter has a more dual role consisting of transmitting both survival and pro-apoptotic signals (Chakrabarti et al., 2011). For detailed description of the unfolded protein response, the reader is referred to the following reviews: Schroder and Kaufman (2005); Wu and Kaufman (2006); Ron and Walter (2007); Chakrabarti et al. (2011); Walter and Ron (2011); Maurel and Chevet (2013).

When ER stress becomes chronic and the capacity of the unfolded protein response to face this stress is exceeded, inflammatory processes will be activated (Zhang and Kaufman, 2008a). ER stress-induced inflammation is mainly mediated by Jun NH2-terminal kinase (JNK) and nuclear factor-kappa B (NF-κB). JNK activation, which occurs through IRE1α-dependent signaling, induces the expression of inflammatory genes by phosphorylating AP1 (transcription activator protein1) (Zhang and Kaufman, 2008a). NF-κB-dependent transcription is increased by two ways during ER stress. First, the level of the inhibitor of NF-κB (IκB), which has a shorter half-life than NF-κB, is reduced when protein translation is attenuated thereby changing the stoichiometric ratio of NF-κB:IκB, freeing NF-κB from its inhibitor and allowing NF-κB to translocate to to the nucleus. Secondly, the IRE1α-tumor necrosis factor receptor associated factor 2 (TRAF2) complex recruits IκB kinase (IKK) that phosphorylates IκB and leads to its degradation (Hu et al., 2006; Zhang and Kaufman, 2008a), thereby activating the inflammatory response.

ENDOPLASMIC RETICULUM STRESS, APOPTOSIS, AND CELL DEATH

Ultimately, uncontrolled and excessive ER stress will lead to apoptosis and cell death (Ron and Walter, 2007; Zhang and Kaufman, 2008b). Initially, Schroder and Kaufman (2005) distinguished two different mechanisms by which ER stress induces apoptosis: the intrinsic and the extrinsic pathways. According to these authors, the intrinsic pathway responds to intracellular insults, e.g., DNA damage, whereas the extrinsic pathway responds to extracellular stimuli and is triggered by self-association of cell surface receptors, recruitment of caspases, mainly caspase-8, and initiation of a caspase cascade. Since then, additional mechanisms have been discovered and involve, amongst others, IRE1α, regulated IRE1-dependent decay of mRNAs (RIDD), C/EBP homologous protein (CHOP) also known as growth arrest and DNA damage 153 (GADD 153), the Bcl-2 family members (Bak/Bax), caspase-12 and JNK (Logue et al., 2013) (Figure 2).
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FIGURE 2. Regulation of prosurvival and apoptotic pathways by ER stress. Cells cope with ER stress by activating the unfolded protein response. This response is mediated via the dissociation of BiP from three ER transmembrane proteins IRE1α, PERK, and ATF6. Following dissociation of BiP, IRE1α becomes activated and induces splicing of XBP1 mRNA to XBP1s. IRE1α also activates JNK via TRAF2 and ASK1. Furthermore, activation of IRE1α has been linked to downstream NF-κB activation and RIDD, which can lead to the degradation of prosurvival mRNA. Finally, IRE1α controls the activation of the caspases signaling pathway. Like IRE1α, PERK becomes activated following BiP dissociation. Active PERK mediates its response via phosphorylation of eIF2α leading to a translational block and cap independent translation of ATF4. ATF4 induces CHOP which has multiple downstream targets that stimulate apoptosis and cell death. Following BiP dissociation, ATF6 is transported to the Golgi where it is cleaved into an active transcription factor. ATF6 regulates the expression of several genes involved in the unfolded protein response such as XBP1, CHOP, BiP, PDI, and EDEM1.



IRE1α

Thanks to its RNase activity, IRE1α can splice a 26 nucleotide intron from X-binding protein 1 (XBP1) mRNA generating a transcription factor called spliced XBP1 (XBP1s) (Yoshida et al., 2001). XBP1s has a diverse range of target genes which share the common aim of short term adaptation and ultimately restoration of ER function. Recent reports also suggest XBP1s signaling may be able to modulate apoptotic signaling by regulating Bcl-2 levels (Gomez et al., 2007; Kurata et al., 2011) but it remains currently unknown whether XBP1s can modulate Bcl-2 family member expression in response to ER stress. Overexpression of IRE1α in human embryonic kidney cells has been reported to induce death indicating that IRE1α could activate pro-apoptotic signaling components (Wang et al., 1998). Indeed the recruitment of TRAF2 to IRE1α has been linked to several pro-apoptotic pathways the most well defined being the IRE1α-TRAF2-JNK axis (Urano et al., 2000). This axis can thus either trigger inflammation by activating AP-1 (Zhang and Kaufman, 2008a) or cell death by modulating Bcl-2 family members function (Logue et al., 2013).

RIDD

The RNase activity of IRE1α has recently been linked to a process referred to as regulated IRE1α-dependent decay of mRNAs (RIDD) (Hollien and Weissman, 2006; Han et al., 2009). While this process is reliant upon IRE1α RNase activity it is distinct from XBP1 splicing and is reported to selectively target and degrade mRNAs encoding secretory proteins involved in protein folding within the ER (Logue et al., 2013). Initial activation of RIDD would be expected to aid cell survival by reducing the protein load on the ER. However, prolonged RIDD signaling has been reported to correlate with increased apoptosis (Han et al., 2009). The switch between anti-apoptotic XBP1s signaling and pro-apoptotic RIDD may be dependent upon the conformational state of IRE1α (Han et al., 2009). IRE1α-mediated RIDD activation has only been recently discovered and further studies are required to identify RIDD targets and the mechanisms controlling its activation.

CHOP

CHOP upregulation is a common point of convergence for all 3 arms of the unfolded protein response with binding sites for ATF6, ATF4, and XBP1s present within its promoter (Logue et al., 2013). CHOP signaling is thought to mediate cell death signaling by firstly altering the transcription of genes involved in apoptosis and oxidative stress and secondly by relieving PERK-mediated translational inhibition, thereby enhancing the translation of pro-apoptotic proteins (Oyadomari and Mori, 2004). Transcriptional targets of CHOP include BH3-only members of the Bcl-2 family (and more particularly Bim, Puma, and Noxa), ER oxidoreductin 1 alpha (ERO1α) and tibbles-related protein 3 (TRB3), all being able to regulate cell death (Logue et al., 2013). The combination of increased BH3-only protein expression and repression of anti-apoptotic proteins such as Bcl-2 shifts the balance in favor of apoptosis permitting Bax-Bak homo-oligomerization and mitochondrial outer membrane permeabilization causing cytochrome c release and subsequent apoptosome formation. Overexpression of Bcl-2 reduces the loss of mitochondrial membrane potential and protects cells against ER stress underscoring the importance of mitochondrial mediated signals in the propagation of ER stress-induced apoptosis (Heath-Engel et al., 2008).

CASPASES

The caspase family of cysteine proteases is a key mediator of programmed cell death (Thornberry, 1998). Murine caspase-12 (caspase-4 in human) is an initiator caspase and a central player in ER-induced apoptosis (Szegezdi et al., 2006). Once activated, caspase-12 translocates from the ER to the cytosol where it cleaves caspase-9, which in turn induces the cleavage of the executioner caspase, caspase-3, in a cytochrome c-independent manner, and activation of the rest of the apoptotic pathway.

MICRORNAS

The regulation of ER stress-induced death pathways by microRNAs is a recent area of research with studies indicating miRNAs can either directly modulate the ER stress response or themselves be regulated by ER stress (Logue et al., 2013). For example, in hepatocellular carcinoma cells, miR-122 overexpression downregulated ER stress responses (Yang et al., 2011) whereas ER stress-mediated downregulation of miR-221/222 was associated with resistance to cell death (Dai et al., 2010). Direct regulation of miRNA expression by ER stress sensors, particularly PERK, has been reported and may regulate the subtle balance that exists between pro-and anti-apoptotic signaling during ER stress. PERK-mediated induction of miR-30c-2* has been linked to a decrease in XBP1 mRNA reducing pro-survival signaling and favoring cell death (Byrd et al., 2012). In the same way, PERK-mediated repression of miR-106b-25 has been reported to result in increased Bim expression, which is essential for ER stress-induced apoptosis, and apoptosis itself (Gupta et al., 2012). Conversely, miR-211 was identified to be a PERK target and to repress CHOP expression on a short-term, thereby supporting a pro-survival response. Upon sustained ER stress, miR-211 expression was silenced, permitting CHOP accumulation and induction of the pro-apoptotic response (Chitnis et al., 2012). All together, these results suggest that miRNA regulation help shift the balance between survival and cell death during ER stress (Logue et al., 2013).

ENDOPLASMIC RETICULUM STRESS AND AGEING

The ageing process contains lots of characteristics indicating that ER stress could be activated, e.g., increased oxidative stress and accumulation of harmful protein modifications, misfolding and aggregation of proteins, disturbances in calcium homeostasis and impairment in global protein synthesis (Finkel and Holbrook, 2000; Tavernarakis, 2008; Puzianowska-Kuznicka and Kuznicki, 2009). In addition, the protein cleansing system becomes impaired during ageing due to the decline in autophagic and proteasomal degradation (Vernace et al., 2007; Salminen et al., 2011). All these age-related changes imply that the efficient function of protein quality systems is compromised during ageing. The capital role of ER stress in many ageing-related neurodegenerative diseases such as Parkinson's disease, amyothrophic lateral sclerosis and Alzheimer disease, witnesses the importance of the ER during ageing. But not only is the brain affected by ER stress during ageing, the efficiency of the unfolded protein response has also been found to be reduced in the liver, the lung, and the heart. Those changes in the unfolded protein response with age are presented and discussed in details in (Naidoo, 2009a,b; Salminen and Kaarniranta, 2010; Brown and Naidoo, 2012). In the next paragraphs the most important alterations in the unfolded protein response with age are summarized.

DECREASE IN CHAPERONES CONTENT

Recent reports have indicated that ER stress increases during the lifespan (Naidoo, 2009b). Key components of the unfolded protein response display reduced expression and activity with age resulting in a decreased ability to cope with ER stress (Ogata et al., 2009). ER chaperones and folding enzymes are crucial to correctly fold proteins. This is of vital importance for the biological function and cellular survival of the proteins. Key chaperones and folding enzymes include BiP, 94 kDa glucose-regulated protein (GRP94), lectins such as calnexin and calreticulin, thiol-disulfide oxidoreductases such as protein disulfide isomerase (PDI), also known as ER resident protein 58 (ERp58), and ERp57.

BiP/GRP78

As described previously, BiP concentration in the lumen of the ER is crucial for correct protein folding (Gething, 1999). However BiP expression decreases during the lifespan in murine brain (Paz Gavilan et al., 2006; Hussain and Ramaiah, 2007) and liver (Erickson et al., 2006; Hussain and Ramaiah, 2007; Nuss et al., 2008).

Lectins

Calnexin and calreticulin are proteins responsible for glycoprotein quality control in the ER. Calnexin is a transmembrane protein and calreticulin is the soluble luminal homolog. Both have been found to decline with age (Naidoo, 2009b; Ogata et al., 2009). In aged rat liver (Erickson et al., 2006) and hippocampus (Paz Gavilan et al., 2006), calnexin expression is downregulated by about one third. A decrease in calnexin expression has been suggested to sensitize cells to apoptosis through accumulation of GD3, a ganglioside acting like an apoptotic mediator (Tomassini et al., 2004). Accumulation and translocation of GD3 to the mitochondria induces caspases activation, release of apoptotic factors, and disturbs its membrane potential (Garcia-Ruiz et al., 2000).

Protein disulfide isomerase

PDI catalyzes native disulfide bond formation and its expression has been found to be reduced by about 50% in the hippocampus of old compared to young rats (Paz Gavilan et al., 2006). Another study in rat liver reported a similar decrease of ERp55 and ERp57 protein expression, which are PDI-related proteins that protect the cell from oxidative injury (Erickson et al., 2006). In addition, BiP, PDI, and calreticulin are affected by reactive oxygen species and this damage is associated with a reduced enzyme activity (Nuss et al., 2008). The progressive oxidation of ER chaperones forms probably an important change affecting the unfolded protein response with age (Naidoo, 2009a).

INCREASE IN PRO-APOPTOTIC MARKERS

Another important change with age is an increase in pro-apoptotic markers in case of ER stress (Naidoo, 2009a; Torres-Gonzalez et al., 2012). An increased level of CHOP has been found in aged mouse cortex (Naidoo et al., 2008) as well as in aged rat hippocampus, cortex, cerebellum, lung, liver, kidney, heart, and spleen (Paz Gavilan et al., 2006; Hussain and Ramaiah, 2007). A decrease in CHOP has important consequences since it mediates apoptosis in response to ER stress and elevated CHOP sensitizes cells to oxidative insults (Ikeyama et al., 2003). Elevated CHOP levels could form an explanation for the increased sensitivity to oxidative damage with age described earlier. Next to increased expression of CHOP, ageing is accompanied with an increased activity of caspases (Naidoo, 2009b). The latter's play a central role in programmed cell death by participating in a cascade triggered by pro-apoptotic signals that culminates in the cleavage of targeted proteins. This cascade ultimately leads to disassembly of the cell (Thornberry, 1998). In aged rat hippocampus, caspase-12 is activated in response to ER stress but not in young animals (Paz Gavilan et al., 2006). The same results were obtained in mice cerebral cortex while sleep deprivation-induced ER stress was investigated (Naidoo et al., 2008). Finally phosphorylation of JNK is increased with age (Hussain and Ramaiah, 2007), which results in a higher apoptotic rate due to, amongst others, inhibition of the anti-apoptotic Bcl-2 and activation of the translocation of Bax to the mitochondrial membrane (Gao et al., 2005).

ENDOPLASMIC RETICULUM STRESS IN SKELETAL MUSCLE

ER stress has been widely studied in pancreatic islets, liver, and adipose tissue. Despite the fact that skeletal muscle is primarily responsible for glucose disposal and therefore intimately related to disease states like diabetes and obesity, this tissue has been neglected and much less information exists about ER stress in skeletal muscle in comparison with the other metabolic organs (see Deldicque et al., 2012 for a review on the topic). Even though it has a restricted secretory function, skeletal muscle is interesting with respect to the unfolded protein response because it contains an extremely extensive network of specialized ER called the sarcoplasmic reticulum. Since it is essential to maintain the optimal calcium concentration in the lumen of the sarcoplasmic reticulum for the regulated release of calcium from sarcoplasmic reticulum during contraction in skeletal muscle, any disturbance in the ER could impair muscle contraction (Deldicque et al., 2012).

In skeletal muscle, ER stress was initially observed in myopathies, such as myotonic dystrophy Type 1 (Ikezoe et al., 2007) and inclusion body myositis (Nogalska et al., 2006). Nowadays evidence supporting the existence of ER stress in non-pathological skeletal muscle is accumulating (Deldicque et al., 2012). As in other organs, ER stress in skeletal muscle can be caused by several nutritional insults, such as imbalance in glucose concentrations or high-fat feeding. High glucose incubation in vitro (Srinivasan et al., 2009) as well as high fat intake in vivo (Deldicque et al., 2010, 2013) activated the unfolded protein response in skeletal muscle cells. However, increasing energy intake by increased fat ingestion did not result in an activation of the unfolded protein response in human skeletal muscle (Deldicque et al., 2011). Neither was the case in skeletal muscle of fasted rats for up to 3 days (Ogata et al., 2010). More and more evidence accumulate showing that the unfolded protein response is activated by contractile activity and inactivity in skeletal muscle. Exhaustive endurance exercise activates the unfolded protein response in mice (Wu et al., 2011) and human skeletal muscle (Kim et al., 2011). Immobility triggers the unfolded protein response in humans as well (Alibegovic et al., 2010), indicating that extremely low or high level of contractile activity activates ER stress and the unfolded protein response. Not surprisingly, repeated bouts of moderate endurance exercise seem rather protective against subsequent ER stress as this kind of exercise training increases the expression of several chaperones in high-fat fed mice (Deldicque et al., 2013).

AGEING ALTERS THE UNFOLDED PROTEIN RESPONSE IN SKELETAL MUSCLE

With age, many of the key components of the unfolded protein response such as the chaperones and enzymes display reduced expression and activity resulting in a dysfunctional ER and the development of cellular stress (Naidoo, 2009a). As mentioned above, ER stress has been implicated in many ageing related neurodegenerative diseases but does it specifically impact skeletal muscle during ageing? The number of studies dealing with ER stress and/or the unfolded protein response in skeletal muscle during ageing is very scarce. In skeletal muscle of 32-month-old rats, the expression of specific chaperones such as ERp29, HSP70, and calreticulin was decreased compared to 6-month-old rats while at the same time ER stress and apoptosis markers were increased (Ogata et al., 2009). In another study looking at the effect of denervation and ageing, CHOP protein expression and XBP1s mRNA level were much higher whereas BiP protein expression was halved in aged rats compared to young controls (O'Leary et al., 2013). In response to denervation, CHOP and XBP1s expressions increased in both groups but the level reached in young animals was still below that of old animals. Although data in old skeletal muscle are limited, those first observations confirm the results obtained in other tissues, e.g., a decrease in chaperones content and an increase in apoptosis markers with age.

To the best of my knowledge, there is no report dealing with ER stress and/or the unfolded protein response during ageing in human skeletal muscle. However it would not be surprising to find a decreased capacity to face ER stress. Ageing is often accompanied with a high caloric nutrients intake coupled to a reduced physical activity, a reduced insulin sensitivity and a decreased capacity of the oxidative metabolism, all known to be exacerbated by ER stress and to affect skeletal muscle to a large extend.

DOES ENDOPLASMIC RETICULUM STRESS INDUCE ANABOLIC RESISTANCE THEREBY EXACERBATING SARCOPENIA?

As described above, a major cause of the reduction in muscle mass with ageing is anabolic resistance, which is defined as a blunted response to hypertrophic stimuli such as exercise and nutrition. At a molecular level, the activation of the mTORC1 pathway seems to be impaired with age (Rennie, 2009). As the ER acts as a nutrient sensor and links nutrient sensing to cellular signaling through the unfolded protein response (Mandl et al., 2009), we recently tested the hypothesis that anabolic resistance can be partially due to disturbance in the ER homeostasis (Deldicque et al., 2011). In that study, we sought to determine whether ER stress could induce anabolic resistance in C2C12 muscle cells (Deldicque et al., 2011). Consistent with this hypothesis, low levels of ER stress were sufficient to prevent the activation of mTORC1 by leucine. The inability to activate mTORC1 was not due to a lack of leucine transport, but rather to the ER stress-induced decrease in basal PKB phosphorylation resulting in PRAS40 hypophosphorylation and inhibition of mTORC1. In C2C12 muscle cells, ER stress seems to impair mTORC1 rather than vice versa (Ozcan et al., 2008; Kang et al., 2011). Hyperactivation of mTORC1 by insulin for 6 h or 24 h did not trigger the unfolded protein response whereas tunicamycin activated the unfolded protein response before S6K1 phosphorylation decreased, suggesting that in C2C12 muscle cells the induction of ER stress precedes the impairment in mTORC1 activity (Deldicque et al., 2010). Therefore, in the present case, ER stress is a contributor to the impairment on the mTOR pathway rather than the consequence. Whether the blunting response of leucine on the mTORC1 pathway results in a decreased protein synthesis and finally to a loss of muscle mass in vivo has not been tested yet but this study in cell cultures has the merit to highlight ER stress as a potential candidate to the decrease in muscle mass observed in several conditions such as in ageing (Cuthbertson et al., 2005), immobilization (Glover et al., 2008); and high-fat feeding/obesity (Sitnick et al., 2009). Knowing that: (1) ageing is characterized by a decreased capacity to face ER stress as well as by a loss of muscle mass and, (2) ER stress impairs the mTORC1 pathway, thereby favoring anabolic resistance, it is tempting to bring those 2 observations into the assumption that ER stress contributes to anabolic resistance leading to sarcopenia. Although each separate assertion has been documented in the literature, the contribution of ER stress to anabolic resistance induced-sarcopenia remains purely hypothetical.

PERSPECTIVES

Further research will be required to confirm the effective involvement of ER stress in anabolic resistance induced-sarcopenia and to determine the molecular mechanisms linking both events. Also, the difference between eugeric and pathogeric ageing (Finch, 1972) should be taken into consideration in future studies. Pathogeric ageing is probably characterized by a certain level of ER stress in skeletal muscle due to the increase in factors known to trigger ER stress such as high lipids concentrations or increased oxidative stress. Eugeric ageing is not accompanied by those changes and the probability to induce ER stress in skeletal muscle is rather small. However, a decrease in chaperones seems inevitable with ageing, even during eugeric ageing, which reduces the capacity of the cell to face stressful situations. One could postulate that pathogeric ageing is characterized by an increased activation of ER stress and a decreased unfolded protein response whereas eugeric ageing by a decreased response only. As a result ER stress in skeletal muscle would be less important in eugeric ageing than in pathogeric ageing but would still be higher than at middle age.

In a preventive and/or therapeutic perspective, it would be useful to find out which factors trigger ER stress in skeletal muscle during ageing to counteract this stress optimally. Another strategy would be to anticipate or to restore the loss of unfolded protein response components with age. In this perspective, exercise could be a useful tool as it increases the expression of several chaperones and thereby could reduce the level of ER stress. This hypothesis has not been tested yet but it could be a new mechanism behind the beneficial effects of exercise in the elderly not only for the preservation of muscle mass but also for the regulation of whole body metabolism.

CONCLUSIONS

The number of publications dealing with ER stress and its downstream signaling, the unfolded protein response, has increased exponentially these last years, underlying the importance of this cellular stress in many different tissues and several pathologies. In the present report, a novel role for ER stress is proposed, namely a contribution to the well-known anabolic resistance-induced sarcopenia. In addition to stimulating apoptosis, it is suggested that ER stress negatively regulates protein balance by inhibiting the mTORC1 pathway, and thereby contribute to the loss of muscle mass with age.
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Muscle hypertrophy is associated with increases in proteasome activity that is independent of MuRF1 and MAFbx expression
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The regulation of skeletal muscle mass depends on the balance between protein synthesis and degradation. The role of protein degradation and in particular, the ubiquitin proteasome system, and increased expression of the E3 ubiquitin ligases, MuRF1 and MAFbx/atrogin-1, in the regulation of muscle size in response to growth stimuli is unclear. Thus, the aim of this study was to measure both proteasome activity and protein synthesis in mice over a 14-day period of chronic loading using the functional overload (FO) model. Further, the importance of MuRF1 and MAFbx expression in regulating muscle hypertrophy was examined by measuring muscle growth in response to FO in mice with a null deletion (KO) of either MuRF1 or MAFbx. In wild type (WT) mice, the increase in muscle mass correlated with significant increases (2-fold) in protein synthesis at 7 and 14 days. Interestingly, proteasome activity significantly increased in WT mice after one day, and continued to increase, peaking at 7 days following FO. The increase in proteasome activity was correlated with increases in the expression of the Forkhead transcription factors, FOXO1 and FOXO3a, which increased after both MuRF1 and MAFbx increased and returned to baseline. As in WT mice, hypertrophy in the MuRF1 and MAFbx KO mice was associated with significant increases in proteasome activity after 14 days of FO. The increase in plantaris mass was similar between the WT and MuRF1 KO mice following FO, however, muscle growth was significantly reduced in female MAFbx KO mice. Collectively, these results indicate that muscle hypertrophy is associated with increases in both protein synthesis and degradation. Further, MuRF1 or MAFbx expression is not required to increase proteasome activity following increased loading, however, MAFbx expression may be required for proper growth/remodeling of muscle in response to increase loading.
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INTRODUCTION

Skeletal muscle is a highly plastic tissue that modifies its size through the regulation of signaling pathways that control protein synthesis and protein degradation. In response to increases in mechanical loading, muscle hypertrophy, or an increase in muscle size, occurs as the result of a net increase in protein synthesis relative to degradation. It has been well demonstrated that the Akt/mTOR signaling pathway is a major regulator of muscle growth, as activation of S6K1, eIF4E, and eIF2B stimulate mRNA translation and ultimately lead to increases in protein synthesis (Bodine et al., 2001b; Rommel et al., 2001; Kubica et al., 2008). In addition, recent work has revealed that both beta adrenergic signaling (Minetti et al., 2011) and bone morphogenetic protein (BMP) signaling (Sartori et al., 2013) can regulate muscle mass and promote skeletal muscle hypertrophy. What is less understood is the role of protein degradation in the remodeling process that occurs in response to loading and leads to an increase in fiber cross-sectional area.

Increases in protein degradation are generally associated with the loss of muscle mass, i.e., atrophy, and occur in response to decreased loading, inactivity, and a variety of pathological conditions. In skeletal muscle, the ubiquitin proteasome system (UPS) is responsible for the majority of protein degradation (Rock et al., 1994), although cathepsins, calpains, caspase-3, and autophagy are also involved in the breakdown of muscle proteins (Du et al., 2004; Tisdale, 2005). Associated with muscle atrophy and the increase in protein degradation is the rapid and sustained increase in MuRF1 and MAFbx/atrogin-1 expression, two muscle-specific E3 ubiquitin ligases thought to target specific proteins for degradation by the 26S proteasome (Bodine et al., 2001a). Deletion of MuRF1 or MAFbx has been shown to spare muscle mass in a variety of atrophy-inducing conditions (Bodine et al., 2001a; Labeit et al., 2010; Baehr et al., 2011), however, the role of MuRF1 and MAFbx, as well as the UPS, in regulating increases in muscle fiber size is less clear.

A few studies have reported increases in MuRF1 and MAFbx expression following an acute bout of resistance exercise in humans, however, no studies have made concurrent measurements of protein synthesis and UPS activity following chronic mechanical loading (Yang et al., 2006; Louis et al., 2007; Marino et al., 2008). Thus, the aim of this study was to examine both protein synthesis and proteasome activity, along with MuRF1 and MAFbx expression in mice over 14 days of chronic loading using the functional overload (FO) model. Furthermore, although we have recently shown that muscle growth is not impaired in young or old MuRF1 KO mice (Hwee et al., 2013), it remains to be seen whether growth is affected by the loss of MAFbx, and whether the loss of MuRF1 or MAFbx depresses proteasome activity under anabolic conditions.

MATERIALS AND METHODS

ANIMALS

Forty three month old male C57BL/6 wild type (WT) mice and 110 9 month old male and female MuRF1 and MAFbx null (KO) mice were used for this study. The WT mice were purchased from Jackson Laboratories and the MuRF1 (n = 60) and MAFbx (n = 50) null mice were generated from a breeding colony maintained by the UCD Mouse Biology Program in a mouse barrier facility. To induce hypertrophy of the plantaris muscle, mice were subjected to bilateral functional overload. Mice were anaesthetized with 2–3% inhaled isoflurane and using aseptic technique, the ankle extensor muscles and Achilles tendon were exposed by making a small incision to the posterior lower limb. The entire soleus and over half of the medial and lateral gastrocnemius muscles were removed from each hindlimb without damaging the plantaris neural-vascular supply. The wound was irrigated with sterile saline and the incision was closed with subcuticular sutures. Mice were given an analgesic (buprenorphine, 0.1 mg/kg) immediately following the surgery and returned to their cage once they recovered.

At 1, 3, 7, and 14 days post-surgery, the WT animals were anesthetized with 2–3% inhaled isoflurane and the plantaris muscles were removed, weighed, frozen in liquid nitrogen, and stored at −80°C for future analysis. For the MuRF1 and MAFbx KO mice, the plantaris muscles were removed and weighed following 14 days of FO. The right plantaris muscle was pinned on cork at a length approximating Lo and frozen in isopentane cooled in liquid nitrogen for histological analysis while the left plantaris muscle was frozen in liquid nitrogen and stored at—80°C. Following tissues collection, the mice were euthanized by exsanguination. All animal procedures were approved by the Institutional Animal Care and Use Committee at the University of California, Davis.

PROTEIN SYNTHESIS MEASUREMENTS

Protein synthesis was measured in vivo in the WT mice using the SUnSET method as previously described (Goodman et al., 2011b). Exactly 30 min before the plantaris muscles were excised, mice were given an intraperitoneal injection of 0.04 μmol/g puromycin dissolved in 100 μl of phosphate buffered saline (PBS) (n = 5/group). Puromycin expression was analyzed by Western Blot as described below.

MRNA EXPRESSION ANALYSIS

Total RNA was extracted from powdered plantaris muscle using TRIzol reagent according to the manufacturer's instructions (Invitrogen). cDNA was then synthesized using a QuantiTech Reverse Transcription Kit (Qiagen) from one μg of total RNA. MuRF1 and MAFbx gene expression was measured by quantitative PCR (qPCR) in WT mice following 1, 3, 7, and 14 days of FO (n = 7/group). qPCR was performed using Power SYBR® Green PCR Master Mix (Life Technologies) on an ABI 7900HT thermocycler. Cycling conditions were one cycle at 94°C for 10 min followed by forty cycles at 94°C for 30 s, 59°C for 30 s, and 72°C for 30 s. Each sample was run in triplicate. Sequences of the mouse forward and reverse primers are as follows: MuRF1 forward: 5'-GCTGGTGGAAAACATCATTGACAT-3'; reverse: 5'-CATCGGGTGGCTGCCTTT-3'; MAFbx forward: 5'-CTTTCAACAGACTGGACTTCTCGA-3'; reverse: 5'-CAGCTCCAACAGCCTTACTACGT-3'; FOXO1 forward: 5'-TTCCTTCATTCTGCACACGA-3'; reverse: 5'-GTCCTACGCCGACCTCATC-3'; FOXO3a forward: 5'-CAGGCTCCTCACTGTATTCAGCTA-3'; reverse: 5'-CATTGAACATGTCCAGGTCCAA-3'; GAPDH forward: 5'- CCAGCCTCGTCCCGTAGAC-3'; reverse: 5'- ATGGCAACAATCTCCACTTTGC-3'. All data was normalized to GAPDH expression.

PROTEASOME ACTIVITY

20S and 26S β5 proteasome activity was measured as previously described (Gomes et al., 2012). Briefly, proteasomes were collected in the supernatant after 30 min centrifugation at 12,000 g following homogenization in 300 μl of buffer containing 50 mM Tris, 150 mM NaCl, 5 mM MgCl2, 1 mM EDTA, and 0.5 mM DTT at pH 7.5. The chymotrypsin (β5)-like activities were assayed using 10 μg of protein and the fluorescently tagged substrate SUC-LLVY-AMC (Bachem). Both assays were carried out in a total volume of 100 μl. The 26S ATP-dependent assay was performed in homogenization buffer with the addition of 100 μM ATP. The 20S ATP-independent assay was carried out in assay buffer containing 25 mM HEPES, 0.5 mM EDTA, and 0.001% SDS (pH 7.5). Each assay was conducted in the absence and presence of the proteasome inhibitor Bortezomib at a final concentration of 2 mM. The activity of the 20S and 26S proteasome was measured by calculating the difference between fluorescence units recorded with or without the inhibitor in the reaction medium. Released AMC was measured using a Fluoroskan Ascent fluorometer (Thermo Electron) at an excitation wavelength of 390 nm and an emission wavelength of 460 nm. Fluorescence was measured at 15-min intervals for 2 h. All assays were linear in this range and each sample was assayed in triplicate.

WESTERN BLOTTING

Frozen plantaris muscles from control and FO mice were homogenized in proteasome assay lysis buffer (50 mM Tris, 150 mM NaCl, 5 mM MgCl2, 1 mM EDTA, and 0.5 mM DTT at pH 7.5). The supernatant was collected following centrifugation at 12,000 g for 30 min and protein concentrations were determined in triplicate using the Bradford method (Bio-Rad). Ten to twenty micrograms of protein was subjected to SDS-PAGE on 10% acrylamide gels and transferred to polyvinylidene diflouride (PVDF) membrane. Membranes were blocked in 3% nonfat dairy milk in Tris-buffered saline with 0.1% Tween-20 added (TBST) or 1% pigskin gelatin for 1 h and then probed with primary antibody overnight at 4°C. Puromycin (Millipore), BiP (BD Biosciences), PDI (Cell Signaling), and CHOP (Cell Signaling) were used at a concentration of 1:1000. The next day, membranes were washed and incubated with HRP conjugated secondary antibodies at 1:10,000 for 1 h at room temperature. Immobilon Western Chemiluminescent HRP substrate (Millipore) was then added to the membranes. Image acquisition and band quantification was performed using the ChemiDoc™ MP System and Image Lab 5.0 software (Biorad).

STATISTICS

Results are presented as mean ± standard deviation (SD) unless otherwise indicated. The data was analyzed by One-Way ANOVA or by Student's t-test (Sigma Stat). Tukey's post-hoc analysis was used to determine differences when interactions existed. Statistical significance was set at p < 0.05.

RESULTS

To determine the extent to which the ubiquitin proteasome system (UPS) is activated during a model of load-induced muscle growth, male C57BL/6 mice were subjected to bilateral functional overload for 1, 3, 7, or 14 days. As shown in Figure 1, the response of the plantaris to an increase in load was a swift and steady increase in size over 14 days. Significant increases in mass of 43 and 65% were observed after 7 and 14 days, respectively.
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FIGURE 1. Time course of load-induced growth in wild type (WT) mice following functional overload (FO). Growth of the plantaris muscle was calculated after 1, 3, 7, and 14 days of FO and expressed as a change in mass relative to the control group. Data are expressed as mean ± SD (n = 8/group). *P < 0.05 vs. control.



Given the significant hypertrophy of the plantaris muscle, we next looked at changes in protein synthesis in the plantaris muscle over a 14-day period of FO. Protein synthesis was measured in vivo using the SUrface SEnsing of Translation (SUnSET) method, a nonradioactive technique in which changes in the rate of protein synthesis are reflected by the amount of puromycin that is incorporated into newly synthesized proteins (Schmidt et al., 2009; Goodman et al., 2011b). Using this method, we found that protein synthesis increased by 58% at 3 days and was significantly elevated from 7 to 14 days of FO, reaching a level that was 100% above control within the first 14 days of FO (Figure 2).
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FIGURE 2. Measurement of protein synthesis using the SUnSET method following functional overload (FO). (A) Representative image of western blot analysis for puromycin following no treatment (Con) and FO for 1, 3, 7, or 14 days in WT mice. The corresponding ponceau stain was used to verify equal loading of proteins. (B) Quantification of the puromycin western blots. Puromycin values are expressed as a percentage of the control muscles value (mean ± SD, n = 5/group). *P < 0.05 vs. control puromycin expression.



Increases in ER stress can occur during high rates of protein synthesis (Rayavarapu et al., 2012). Considering that FO produces significant muscle hypertrophy, we investigated the expression of various ER stress markers in the plantaris muscle following FO. As shown in Figure 3, we found significant increases in BiP and PDI expression beginning at 3 days post FO, with the largest increase seen after 7 days of FO. The maladaptive ER stress marker CHOP was also found to increase over the 14 days following FO, however, the relative increase was significantly lower than that observed for BiP and PDI (Figure 3B).
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FIGURE 3. Markers of endoplasmic reticulum (ER) stress are higher in the plantaris muscle following functional overload (FO). (A) Representative western blot of ER stress markers BiP, PDI, and CHOP in WT mice after no treatment (Con) and 1, 3, 7, and 14 days of FO. (B) Quantification of the western blots for BiP (open bars), PDI (gray bars), and CHOP (black bars). A ponceau stain of the membrane was used to normalize protein expression. Data are expressed as a percentage of the respective control value for each protein (mean ± SD, n = 4–6/group). *P < 0.05 vs. control expression for each protein, #P < 0.05 CHOP vs. BiP, or PDI at given time point.



In humans, resistance exercise has been shown to increase protein degradation (Phillips et al., 1997), but it is unclear whether this breakdown is related to upregulation of MuRF1 and MAFbx expression or alterations in proteasome activity. Thus, we measured the time course of MuRF1 and MAFbx expression and the chymotrypsin-like (β5) proteasome activities in WT mice following FO. In addition, the time course of FOXO1 and FOXO3a expression was measured since they are known transcriptional regulators of MuRF1 and MAFbx under atrophy conditions (Sandri et al., 2004; Waddell et al., 2008). Expression of both MuRF1 and MAFbx was found to increase significantly after one day of FO, but then return to control levels by 3 days post FO (Figures 4A,B). After 3 days of FO, gene expression was suppressed below control levels, with significant reductions in MAFbx expression occurring after 7 and 14 days of FO (Figure 4B). The rapid increase in MuRF1 and MAFbx expression was mirrored by significant increases in 20S and 26S β5 proteasome activity after 1 day of FO, but unlike MuRF1 and MAFbx, proteasome activity remained elevated throughout the 14 days of chronic loading (Figures 4D,E). Peak activity for the 20S proteasome was found to occur at 3 days post FO, while peak activity for the 26S proteasome was found at 7 days post FO. Surprisingly, the pattern of FOXO1 and FOXO3a expression was more similar to that of the 26S β5 proteasome rather than MuRF1 and MAFbx expression. Significant increases in FOXO1 and FOXO3a expression did not occur until 3 days post FO, after which expression of both genes continued to increase through 7 days of FO before returning to baseline levels at 14 days post FO (Figure 4C).
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FIGURE 4. Functional overload (FO) induces a proteolytic response in the plantaris muscle. mRNA expression of (A) MuRF1, (B) MAFbx, and (C) FOXO1, and FOXO3a was measured in WT mice following no treatment (Con) and FO for 1, 3, 7, or 14 days. Expression values were normalized to GAPDH and are expressed as a fold change (mean ± SD) relative to control (n = 7/group) *P < 0.05 vs. control mRNA expression. Activity of the β5 subunit of the 20S (D) and 26S (E) proteasome was assessed by fluorometric assay in WT mice following no treatment (Con) and FO for 1, 3, 7, or 14 days. Data is expressed as a percentage of the control value (mean ± SD, n = 5–8/group). *P < 0.05 vs. control proteolytic activity.



Given the changes in MuRF1 and MAFbx expression and proteasome activity following functional overload, we then asked if deletion of MuRF1 or MAFbx compromised muscle growth. Fourteen days of overload produced significant growth of the plantaris in both female and male MuRF1 KO mice, which was similar to that observed in WT mice of both genders (Figure 5). This result is comparable to what has been previously reported for male MuRF1 KO mice (Hwee et al., 2013). In contrast, the deletion of MAFbx appeared to have a significant effect on load-induced growth, especially in female mice (Figure 5). In response to overload, a significant increase in plantaris mass was measured in male MAFbx KO mice, with the mean increase in mass being slightly less and more variable in the MAFbx KO (range of mass: 20–34 mg) compared to the WT (range of mass: 29–37 mg) mice. In female mice, however, MAFbx KO mice showed no significant growth in response to FO, which differed significantly from what was observed in the WT mice (Figure 5).
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FIGURE 5. Response of MuRF1 and MAFbx KO mice to functional overload (FO). Growth of the plantaris muscle was calculated after 14 days of FO in male and female WT, MuRF1 KO, and MAFbx KO mice and expressed as absolute wet weight (mg). Measurements were made in untreated control [white (WT) or blue hatched (KO) bars] and overloaded [black (WT) and blue (KO) bars] muscles. Data are expressed as mean ± s.e.m and group size is indicated in each bar. *P < 0.05 vs. control; #P < 0.05 vs. WT FO.



The decrease in muscle growth did not appear to be due to an inability to activate the proteasome, as both MuRF1 and MAFbx KO mice had similar increases in 26S β5 proteasome activity following 14 days of FO (Figure 6). Since we did not have sufficient numbers of KO mice to collect FO data at 3 and 7 days, we do not know whether proteasome activity in the KO mice increased to the same extent as the WT mice.
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FIGURE 6. Proteasome activity increases in MuRF1 and MAFbx null (KO) mice after 14 days of functional overload (FO). Proteolytic activity of the β5 subunit of the 20S (A) and 26S (B) proteasome was assessed by fluorometric assay in MuRF1 and MAFbx KO mice after no treatment (Con, open bars) or 14 days of functional overload (14d FO, black bars). Data are expressed as a percentage of each respective control value (mean ± SD, n = 4–6/group). *P < 0.05 vs. control.



DISCUSSION

Proteolysis is essential for normal muscle function and routine protein turnover. Most cellular proteins are degraded by the UPS (Rock et al., 1994; Mitch and Goldberg, 1996), a highly selective system that targets proteins for breakdown via the addition of a polyubiquitin chain. The coordinated effort of three groups of enzymes, termed E1, E2, and E3s, results in the attachment of ubiquitin to a substrate protein, with multiple lysine 48-linked ubiquitin molecules serving as a signal for that protein to be degraded by the 26S proteasome (Chau et al., 1989). Both MuRF1 and MAFbx have been identified as muscle-specific E3 ubiquitin ligases, making them responsible for catalyzing the transfer of ubiquitin from the E2 enzyme to the substrate protein. In skeletal muscle, increases in proteasome activity are generally associated with muscle atrophy, a process that is characterized by the induction of MuRF1 and MAFbx (Auclair et al., 1997; Hobler et al., 1999; Bodine et al., 2001a; Gomes et al., 2001). However, little is known about the role of the UPS during muscle growth and whether MuRF1 and/or MAFbx are required for muscle hypertrophy. Thus, the purpose of this study was to examine the time course of MuRF1 and MAFbx expression along with proteasome activity in a model of load-induced muscle growth, and to determine if MuRF1 and MAFbx KO mice show an attenuated growth response following 14 days of functional overload (FO).

Functional overload is a commonly used model for studying muscle growth in rodents and results in rapid and robust increases in muscle mass as a result of chronic overload. Hypertrophy in this model is marked by significant increases in protein synthesis, which we confirmed in this study using the puromycin technique (Schmidt et al., 2009; Goodman et al., 2011b). Moreover, the increase in protein synthesis was closely matched to the increase in plantaris mass in the WT mice. During this period of elevated protein synthesis, significant increases in the expression of the ER chaperone proteins BiP and PDI were also observed. An increase in BiP and PDI expression might be predicted, as an elevated rate of protein synthesis would increase the protein handling responsibilities of the endoplasmic reticulum (ER). An increase in BiP and PDI enhances the protein folding capabilities of the ER (Rayavarapu et al., 2012) and would help reduce the number of misfolded proteins and keep ER stress at a minimum. An accumulation of misfolded proteins can cause the ER to activate apoptosis signaling through an increase in the expression of CHOP (Fu et al., 2008). Although FO did result in an increase in CHOP expression, the relative increase in expression was significantly lower than the increase in BiP and PDI expression, suggesting that the ER was able to implement an adaptive response to the influx of newly synthesized proteins, which ultimately get incorporated into the myofibers resulting in increases in myofiber cross-sectional area and force capacity.

A novel finding in this study was that both 20S and 26S β5 proteasome activity was increased throughout the 14 day overload period, indicating that increased loading can result in the activation of machinery involved in protein breakdown. The increase in proteasome activity occurred within the first 24 h of overload and increased to a level (4–6-fold) that was much greater than what we have observed during denervation-induced atrophy (<2-fold) (Gomes et al., 2012). Interestingly, the peak in 26S β5 activity occurred at 7 days, a time when protein synthesis was found to be significantly elevated. This finding is similar to a study by Miyazaki et al. in which protein synthesis and protein degradation rates were both found to peak at 7 days after FO (Miyazaki et al., 2011). However, it is important to note that the largest gains in muscle mass occurred between 7 and 14 days post FO, which was the time period in which protein synthesis rates were rising and proteasome activity was beginning to decrease.

An increase in MuRF1 and MAFbx expression is generally assumed to lead to an increase in proteasome activity, as a greater quantity of ubiquitin ligases should increase the number of polyubiquitinated proteins inside the cell. However, we show here that under growth conditions, proteasome activity remained elevated for a much longer time period than did the induction of MuRF1 and MAFbx. In fact, significant increases in MuRF1 and MAFbx expression were measured only at day one of FO, and by day 3 of FO, their expression had returned to baseline levels and then were suppressed below baseline levels. Our finding that MuRF1 expression is only increased at 1 day post FO differs slightly from a study by Marino et al., in which MuRF1 was found to be increased after 3 days of FO (Marino et al., 2008). However, similar results were found when comparing MAFbx expression, as we also found no induction of MAFbx at 3 days after FO followed by a significant decrease in MAFbx expression at 7 and 14 days (Marino et al., 2008). In the majority of human studies that examined proteolytic activity after an acute bout of resistance exercise, MuRF1, but not MAFbx expression has been shown to increase transiently after the exercise bout (Yang et al., 2006; Louis et al., 2007; Murton et al., 2008). However, chronic resistance training in rats resulted in decreased MuRF1 and MAFbx expression, which may be in line with this decreased expression we saw at 7 and 14 days following FO (Zanchi et al., 2009).

Our data show that MuRF1 and MAFbx are not always good markers of proteasome activity. The apparent disconnect between MuRF1 and MAFbx expression and proteasome activity has been previously observed. In a study by Vary et al., acute alcohol intoxication increased MuRF1 and MAFbx expression, but did not increase skeletal muscle proteolysis (Vary et al., 2008). Similarly, we have shown that 14 days of glucocorticoid treatment did not result in an increase in activity for any of the three catalytic subunits of the proteasome despite significant upregulation of MuRF1 and MAFbx expression (Baehr et al., 2011). Conversely, when mice were allowed to recover following 7 days of hindlimb unloading, MuRF1 and MAFbx expression was not increased at any of the time points analyzed, but 20S β5 proteasome activity was significantly increased on the first day of recovery (Lang et al., 2012). Lastly, under denervation conditions, the lack of MuRF1 resulted in greater activation of the proteasome, not less (Gomes et al., 2012).

Under atrophy conditions, the FOXOs are often implicated in the induction of MuRF1 and MAFbx, but our results clearly indicate that this is not the case in the functional overload model, as FOXO expression did not increase until after MuRF1 and MAFbx expression had returned to baseline levels. The largest increase in FOXO1 and FOXO3a expression was found to occur after 7 days of functional overload, which is consistent with the findings of Goodman et al. (2011a) who showed that both total protein and phosphorylation levels of FOXO1 and FOXO3a were significantly elevated at 7 days of FO. Our results suggest that the FOXOs may be mediating protein degradation independently of MuRF1 and MAFbx, and may be at least partially responsible for the observed increase in proteasome activity. More work is needed to determine the role of the FOXOs in regulating the ubiquitin proteasome system during skeletal muscle growth.

Mechanical loading has been shown to initiate an inflammatory response and a number of cytokines have been reported to increase during muscle hypertrophy (Huey et al., 2007). One cytokine in particular that was reported to be elevated early after FO was TNFα (Huey et al., 2007). Circulating levels of TNFα can lead to increases in both MuRF1 and MAFbx expression (Li et al., 2005; Adams et al., 2008), so it is possible that the short-lived increase in expression seen in this study was directly related to muscle inflammation. While an inflammatory response appears to be required for normal growth following FO (Marino et al., 2008), it is unclear whether induction of MuRF1 and MAFbx is critical in this response. Our results indicate that MAFbx, but not MuRF1, may be necessary for normal remodeling and growth, as the MAFbx KO mice had an attenuated growth response (especially among the female animals), whereas the MuRF1 KO mice showed no deficiencies in their ability to hypertrophy.

In skeletal muscle, a few targets of MAFbx have been identified, including eIF3f (Lagirand-Cantaloube et al., 2008), MyoD (Tintignac et al., 2005), and myogenin (Jogo et al., 2009). These targets are generally associated with protein synthesis (eIF3f), satellite cell proliferation (MyoD), and muscle-specific gene transcription (MyoD, myogenin), all of which are important for muscle hypertrophy (Ishido et al., 2004; Baar et al., 2006). In addition, recent in vitro work by Lokireddy et al. revealed that MAFbx preferentially degrades sarcomeric proteins following myostatin treatment, with myosin heavy chain, myosin light chain, desmin, and vimentin identified as targets of MAFbx ubiquitination (Lokireddy et al., 2011a,b). Thus, even though it appears that the lack of MAFbx should promote muscle growth, the inability to turnover key sarcomeric proteins, such as myosin heavy chain, during the remodeling process could explain why the growth response was impaired in the MAFbx KO mice. Furthermore, while MAFbx KO mice have been shown to spare muscle mass following denervation (Bodine et al., 2001a), histological analysis of denervated MAFbx muscles has revealed dystrophic and necrotic fibers. Consequently, it appears that MAFbx may be required for the proper remodeling of muscle fibers under growth and atrophy conditions. The explanation for the finding that the loss of MAFbx had a greater effect on load-induced growth in female vs. male mice is not clearly evident. In previous experiments that have examined the response of MAFbx KO mice to triggers of muscle atrophy, we have observed no gender-based differences.

Similar to MAFbx, MuRF1 has been reported to interact and ubiquitinate myofibrillar proteins (Cohen et al., 2009), suggesting that MuRF1 also plays a role in regulating protein turnover. However, given the normal hypertrophic response to FO in the MuRF1 KO mice, it seems that MuRF1 is not essential for muscle growth. Considering that protein synthesis is higher in MuRF1 KO mice under atrophy conditions (Koyama et al., 2008; Baehr et al., 2011), it may be that the major role of MuRF1 in skeletal muscle is to suppress protein synthesis. Thus, deletion of MuRF1 is advantageous to muscle growth and consequently, the MuRF1 KO mice maintain an ability to hypertrophy throughout their lifetime. The different phenotypes in the MuRF1 and MAFbx KO mice suggest that the two E3 ligases have different physiological substrates. Clearly more research is needed to determine the physiological targets of both MuRF1 and MAFbx in skeletal muscle.

In summary, our results indicate that muscle hypertrophy is associated with increases in both protein synthesis and degradation. The increase in degradation is the result of activation of the UPS, and proteasome activity remains elevated even after MuRF1 and MAFbx expression has returned to baseline levels. Interestingly, MuRF1 and MAFbx expression become suppressed below baseline even though FOXO1 and FOXO3a expression are elevated. The loss of MuRF1 or MAFbx does not appear to suppress the increase in proteasome activity in response to chronic increases in load; however, the loss of MAFbx does appear to negatively impact the remodeling process that occurs during growth. These findings highlight the need for a better understanding of the roles of MuRF1 and MAFbx in the function of skeletal muscle, which will require identification of their in vivo substrates.
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The progressive loss of muscle mass characteristic of many muscular dystrophies impairs the efficacy of most of the gene and molecular therapies currently being pursued for the treatment of those disorders. It is becoming increasingly evident that a therapeutic application, to be effective, needs to target not only mature myofibers, but also muscle progenitors cells or muscle stem cells able to form new muscle tissue and to restore myofibers lost as the result of the diseases or during normal homeostasis so as to guarantee effective and lost lasting effects. Correction of the genetic defect using oligodeoxynucleotides (ODNs) or engineered nucleases holds great potential for the treatment of many of the musculoskeletal disorders. The encouraging results obtained by studying in vitro systems and model organisms have set the groundwork for what is likely to become an emerging field in the area of molecular and regenerative medicine. Furthermore, the ability to isolate and expand from patients various types of muscle progenitor cells capable of committing to the myogenic lineage provides the opportunity to establish cell lines that can be used for transplantation following ex vivo manipulation and expansion. The purpose of this article is to provide a perspective on approaches aimed at correcting the genetic defect using gene editing strategies and currently under development for the treatment of Duchenne muscular dystrophy (DMD), the most sever of the neuromuscular disorders. Emphasis will be placed on describing the potential of using the patient own stem cell as source of transplantation and the challenges that gene editing technologies face in the field of regenerative biology.
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INTRODUCTION

The discovery of dystrophin as the gene responsible for Duchenne muscular Dystrophy (DMD) has enabled researchers to identify several of the genes linked directly or indirectly to dystrophin and to correlate defects in those genes to many of the different forms of muscular dystrophies (Monaco et al., 1986; Hoffman et al., 1987; Koenig et al., 1987). Despite the diversity in phenotypic and pathological manifestation of various forms of muscular dystrophies identified to date, many display common symptoms. Characteristic is the progressive loss of muscle mass which has been attributed, at least in part, to the inability of muscle stem cells to efficiently regenerate tissue lost as the result of the disease. Great progress has been made toward the identification of therapies for DMD. Potential approaches range from gene augmentation strategies using viral or plasmid vectors aimed at restoring dystrophin expression to upregulation of genes that could be used to overcome the lack of expression of the defected gene. While some of these approaches have sown efficacy, the results obtained to date have also expounded limitations in the clinical applicability of therapeutic applications to DMD. In particular, the progressive loss of expression of the therapeutic gene observed following treatment have clearly indicated that targeting mature myofibers alone is not sufficient to preserve the beneficial effects achieved by the therapeutic approach (Bertoni et al., 2006; Kayali et al., 2010). Critical to the development of effective strategies to treat muscle disorders is the optimization of approaches targeting muscle stem cells and capable of regenerating tissue lost as the result of the disease or as the result of normal muscle turnover.

Muscle stem cells are classically defined as undifferentiated cells characterized by their unique ability to activate in response to specific stimuli and self-renew. Daughter cells originated by the division of stem cells can either retain their stem cell identity or differentiate into a more committed lineage capable of producing new muscle tissue or of fusing with preexisting myofibers to repair damage ones. Among the different types and subtypes of muscle stem cells identified to date, satellite cells (SCs) are probably the most studied. Since their initial identification (Mauro, 1961) studies have clearly demonstrated that SCs are composed by an heterogeneous population of muscle stem cells distinguishable based on their gene expression signatures, their ability to commit into a specific myogenic lineage, their capacity to assume non-myogenic cell-fate and differences in their ability to activate in response to specific queues (Schultz, 1996; Seale et al., 2000; Ono et al., 2010; Bentzinger et al., 2012; Brack and Rando, 2012; Yin et al., 2013). Other types of stem cells capable of assuming a myogenic cell fate and of regenerating muscles have been described. Those include bone marrow stem cells (Ferrari et al., 1998; Bittner et al., 1999; Gussoni et al., 1999) muscle side population (SP) cells (Gussoni et al., 1999; Asakura et al., 2002; Rivier et al., 2004; Doyle et al., 2011), muscle-derived stem cells (Lee et al., 2000), mesangioblasts (Minasi et al., 2002; Sampaolesi et al., 2003; Galli et al., 2005; Morosetti et al., 2006), pericytes (Dellavalle et al., 2007; Peault et al., 2007), embryonic stem cells (ESCs) (Bhagavati and Xu, 2004; Barberi et al., 2007; Darabi et al., 2009; Filareto et al., 2012) and induced pluripotent stem cells (iPSCs) (Chang et al., 2009; Kazuki et al., 2010; Darabi et al., 2012; Tedesco et al., 2012).

Therapeutic approaches to muscle disorders and targeting stem cells have focused primarily on demonstrating the feasibility of restoring dystrophin expression following transplantation of cells isolated from healthy donors. Proof-of-concept studies have been performed in immunosuppressed mdx mice that have been used as models for DMD (Coulton et al., 1988; Sicinski et al., 1989). Some success has been achieved using transplantation of freshly isolated SCs (Collins et al., 2005; Boldrin et al., 2009, 2012) or subpopulations of SCs isolated using fluorescence activate cell sorting (FACS) which have been used primarily to demonstrate the existence of distinguished populations of SCs with regenerative capacity and capable of self-renewing (Cerletti et al., 2008; Sacco et al., 2008; Rocheteau et al., 2012).

Despite the encouraging results obtained to date in the field, issues still remain that may hamper the applicability of cell-mediated regenerative approaches to muscle disorders. Among those, is the need to use heterologous sources for the transplantation procedure and the risk of immune rejection associated with their use. The issue of immune response could be overcome by the use of reprogrammable stem cells capable of differentiate into muscle progenitor cells such as human ESCs human iPSCs (Darabi et al., 2012) or mesoangioblasts (Tedesco et al., 2012) isolated directly from the patient and that have been genetically modified to express dystrophin or other therapeutically relevant genes. Among the technologies currently being investigated for the treatment of DMD, gene editing is perhaps the most exciting as it offers the possibility to correct a genetic defect at the source of the problem, the DNA and can therefore promise to restore a completely functional protein. Critical to the success of gene editing strategies for muscle disorders is to target cells capable of retaining the stem cells properties to ensure that the beneficial effects achieved by the gene correction process is maintained over time. As such, the use of muscle stem cells capable of self-renewing is likely to have advantages over other type of cells, namely due to their ability to actively participate to the regenerative process over prolonged periods of time with virtually little or no loss of regenerative potential.

The use of gene editing in muscle stem cells for therapeutic purposes can be divided into two major applications: strategies aimed at targeting muscle stem cells ex vivo that can be used for transplantation purposes and strategies aimed at targeting and correcting stem cells in situ following systemic administration of the therapeutic agent into the patient's own stem cells, mainly SCs (Figure 1). Both approaches present pros and cons as discussed in more detail below (see Drawbacks and limitations of gene editing mediated by ODNs and endonucleases). Among the hurdles that will need to be overcome before cell-mediated therapies can be brought into the clinic is the need to target a large number of muscles for the therapy to be clinically relevant. Nonetheless, the use of gene editing strategies in muscle stem cells is likely to become a valid therapeutic alternative to gene augmentation therapies. This review will provide an overview of the progress made in the past decade toward the development of gene editing tools for the treatment of DMD and the current state-of-the art of technologies aimed at permanently correct the genetic defect in muscle progenitor cells and stem cells.
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FIGURE 1. Cell-mediated regenerative approaches to muscle disorders. Gene editing strategies in muscle stem cells are aimed at either correcting the genetic disorder ex vivo or at delivery the therapeutic agent in situ following systemic administration. (A) Ex vivo approaches requires harvesting of cells from the patient or healthy donor, reprogramming in cases were the cells being employed are not muscle-derived, editing using the targeting tools, selection of the cells undergone repair and expansion prior to delivery into muscle through local, or systemic administration. (B) Delivery of the gene editing tools into muscle typically uses the circulatory system and can employ intraperitoneal, subcutaneous, intra-arterial, or intravenous administration depending on the physico-chemical, and pharmacological properties of the therapeutic agent being employed. The method is much less invasive than direct intramuscular injection and has the potential of targeting a large number of muscles simultaneously.



OLIGONUCLEOTIDE-MEDIATED GENE CORRECTION

Different areas of investigations have focused on the possibility of using oligodeoxynucleotides (ODNs) as therapeutic vectors. First among those, the success obtained using homologous recombination (HR) technologies, an approach that has been employed extensively to generate animal models to study disease mechanisms (Capecchi, 1989). However, the low frequency of HR and the high frequency of non-homologous integration of such constructs have clearly evidenced serious limitations in the applicability of this approach for the treatment of inherited diseases and have prompted the development of new, safer vectors capable of activating repair mechanisms other than HR and capable of introducing single base pair (bp) alterations at the genomic DNA without the need of integrating into the genome. Gene editing mediated by ODNs generally employs short (less than 100 nucleotides) synthetic DNA or RNA sequences homologous to the region of the genomic DNA targeted for repair. The technology differ substantially from that employing antisense oligonucleotides (AONs), that also uses oligonucleotides, but that act at the messenger RNA (mRNA) level to block and therefore redirect splicing of the mRNA to produce shorter although still functional proteins (Arechavala-Gomeza et al., 2012). Gene editing mediated by ODNs takes advantage of innate repair mechanisms present in the cell and responsible for maintenance of chromosome integrity. The process requires multiple steps which begin with the pairing of the ODN with the region of the genomic DNA targeted for repair, recognition of the mismatch on the targeted base, excision of the mutation, and insertion of the desired base (Figure 2).
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FIGURE 2. ODN-mediated gene editing. (A) The basic structure of targeting ODNs consists of a stretch of DNA perfectly homologous to the region of the gene that is targeted for correction with the exception of a single base mismatch. A chODN contains a complimentary region composed of 2′-O-methyl RNA interrupted by a pentameric block of DNA bases while ssODNs consist of unmodified DNA bases and can be complimentary to the coding strand or complimentary to the non-coding strand of the gene targeted for correction. Phosphorothioate (PS) bases are added to the each end of the ODNs to increase their stability to endonucleases. (B) The correction process is activated by the pairing of ODN with the genomic sequence targeted for repair. Recognition of the mismatch present on the ODNs activates innate repair mechanisms naturally present in the cell nuclei and capable of directing the correction based on the information provided by the ODN template. The process require the presence of protein such as RecA and MSH2 capable of recognizing and correct the mismatch.



EVOLUTION OF ODNS FOR GENE EDITING PURPOSES

The initial vectors employed for gene editing strategies consisted of chimeric DNA/RNA ODNs (chODNs) made of 68 residues which were originally given the name of chimeraplasts. The vector contained both RNA and DNA residues complementary to the region of the genomic DNA targeted for repair and flanked by 2′-O-methylated RNA residues which were used to increase resistance to RNase H activity (Figure 2A). To increase stability and maintain their secondary structure, ODNs were designed to contain at their 3′ and 5′ ends polythymidine hairpins and a 3′ tag containing a clamp made of guanidine and cytosine residues (Figure 2A) (Cole-Strauss et al., 1996; Kren et al., 1999a,b; Bertoni, 2008). These chODNs were designed to pair with both strands of the gene targeted for repair and to activate DNA mismatch repair (MMR) mechanisms though the recognition of the single base mismatch present on the ODN (Figure 2B). The activation results in the conversion of the targeted base at the genomic level using the information provided by the chODN. Since their first application, chODNs have been investigated in their ability to target and induce genomic modifications in a number of different cell types and have been successfully applied in both eukaryotic and prokaryotic cells (Cole-Strauss et al., 1996, 1999; Kren et al., 1998, 1999b; Beetham et al., 1999; Zhu et al., 1999, 2000; Bartlett et al., 2000; Rando et al., 2000; Rice et al., 2000, 2001; Tagalakis et al., 2001; Igoucheva and Yoon, 2002).

The initial studies exploring the feasibility of using chODNs for the treatment of muscular dystrophies were performed in the mdx mouse model for DMD (Rando et al., 2000; Bertoni and Rando, 2002; Bertoni et al., 2003). A chODN designed to target and correct the single point mutation present in exon 23 of the dystrophin gene was shown to restore dystrophin expression in both muscle precursor cells in culture (Bertoni and Rando, 2002) as well as in vivo following direct intramuscular injection (Rando et al., 2000). Importantly, correction was demonstrated to be stably inherited in dividing cells and to result in restoration of full-length dystrophin expression. When administered intramuscularly at high doses, the chODN was able to distribute into approximately 40% of the SCs present in the muscle (Bertoni and Rando, 2002). Once explanted, SCs that had taken up the chODN targeting the mdx mutation, were shown to proliferate and expand in vitro to produce myoblasts capable of differentiating and to form myotubes which expressed full-length dystrophin. The level of gene repair detected in those cells remained substantially lower than that achieved in muscle progenitor cells transfected with the targeting chODN in culture demonstrating the presence of intrinsic differences in the ability of SCs to undergo gene repair compared to myoblasts (Bertoni and Rando, 2002). Nonetheless, the results clearly indicated the feasibility of using ODNs to target and correct SCs and demonstrated for the first time the possibility of targeting SCs in situ following delivery of ODNs. Studies in the GRMD have confirmed the feasibility of using chODNs to correct defects in the dystrophin gene in larger animals (Bartlett et al., 2000).

A key advancement in vector development was the discovery that ODNs made of single stranded DNA sequences (ssODNs) were as efficient as chODNs in directing the gene correction process (Gamper et al., 2000a,b) rendering this technology widely available to virtually any laboratory interested in exploring its potential application in different prokaryotic and eukaryotic systems and for different applications (Igoucheva et al., 2001, 2008; Dekker et al., 2003, 2006; Nickerson and Colledge, 2003; Pierce et al., 2003; Radecke et al., 2004; Bertoni et al., 2005; Olsen et al., 2005b; Sorensen et al., 2005; Aarts et al., 2006; Morozov and Wawrousek, 2008; Disterer et al., 2009). ssODN can either be complementary to the leading strand of the genomic loci or complimentary to the lagging strand (Figure 2A). In muscle, gene correction mediated by ssODN has been assessed using the mdx5cv mouse. In this model, an A-to-T transversion in exon 10 of the dystrophin gene creates a cryptic splice site recognized by the splicing machinery. Thus, the mRNA of the dystrophin gene is aberrantly spliced causing total absence of dystrophin (Im et al., 1996). The use of the mdx5cv mouse allows to precisely quantitate frequencies of gene repair achieved at both, the genomic DNA and mRNA levels, making this animal model particularly valuable (Bertoni et al., 2005; Kayali et al., 2010). Results clearly indicated that ssODNs complementary to the coding strand were as effective as chODN in correcting the dystrophin gene defect in mdx5cv in vitro as well as in vivo. A strand bias was observed in the correction abilities of linear DNA ODNs depending on whether the ssODNs were targeting the coding or the non-coding strand of the dystrophin gene, suggesting that transcription may influence the ability of ssODNs to induce the genetic alteration at the chromosome level (Bertoni et al., 2005). Differences in strand bias observed by others seem to confirm the implication of transcription in the processes that take place in gene repair mediated by ssODNs (Igoucheva et al., 2001, 2003; Liu et al., 2001, 2002).

In recent years, studies have focused primarily on identifying new generation of ssODNs that could promote more efficiently the repair process in an effort to increase the frequencies of gene repair to levels that would be considered therapeutically relevant. Some success has been obtained by increasing the stability of the ODNs. The use of ssODNs containing 2′-O-methyl RNA residues (Igoucheva et al., 2001; Nickerson and Colledge, 2003), PS linkages (Liu et al., 2002; Olsen et al., 2005b), or Locked Nucleic Acid (LNA) bases (Parekh-Olmedo et al., 2002) at their extremities have been shown to increase targeting frequencies. Several studies have also demonstrated that gene repair can be enhanced by synchronizing the cells in the S phase of the cell cycle or by reducing the rate of replication fork progression (Brachman and Kmiec, 2004; Ferrara and Kmiec, 2004; Ferrara et al., 2004; Olsen et al., 2005a). Promising results have been achieved in muscle using ssODNs made of peptide nucleic acids (PNAs) bases (Kayali et al., 2010). PNAs are DNA mimics capable of forming stable duplex structures with Watson-Crick complementary DNA or RNA with a higher binding affinity than that of DNA/DNA or DNA/RNA duplexes made of unmodified bases (Nielsen, 2005). In general, ssODNs stretching from 12 to 18 nucleotides are sufficient to allow strong duplex formation with their complementary DNA or RNA sequences and to distinguish single base mutations. Kayali et al demonstrated that ssODNs made of PNA (PNA-ssODNs) containing the appropriate mismatch were capable of targeting and correcting the mdx5cv mutation in the dystrophin gene more efficiently than ssODNs made of unmodified bases (Kayali et al., 2010). Expression of full-length dystrophin was sustained for up to four months after injection although correction was shown to decrease over time as the result of normal muscle turnover (Kayali et al., 2010). These results were particularly important to the field fo gene editing for DMD because provided the first evidence of how correction of the genetic defect in mature myofibers alone is not sufficient to guarantee long lasting effects and paved the way for subsequent studies aimed at studying the feasibility of targeting and correcting SCs and their therapeutic relevance for the treatment of DMD.

MECHANISMS OF ACTION OF ODN-MEDIATED GENE REPAIR

It is believed that chODNs and ssODNs act through similar mechanisms and that the repair process involves multiple steps (Gamper et al., 2000a,b; Igoucheva et al., 2004). The first steps requires the annealing of the ODN to the region of the genomic DNA targeted for repair (Liu et al., 2003; Jensen et al., 2011; Papaioannou et al., 2012). Pairing leads to the formation of a heteroduplex between the ssODN and the double-stranded target site (Figure 2B) (Bertoni, 2005, 2008; Engstrom et al., 2009). Msh2, a member of the family of proteins involved in the MMR mechanism has been shown to inhibit the repair process, potentially by preventing recombination between the ODN and the targeted genomic sequence, a phenomenon known as heteroduplex rejection (Dekker et al., 2003; Pierce et al., 2003; Aarts et al., 2006; Maguire and Kmiec, 2007; Igoucheva et al., 2008; Papaioannou et al., 2009). Furthermore, a two- to three-fold increase in frequencies of gene repair has been reported recently in primary cultures isolated from mdx5cv muscle transfected with targeting ssODNs in conjunction with a siRNA designed to transiently downregulate Msh2 expression supporting the implication of the MMR as one of the mechanisms that controls ssODN-mediated gene repair in muscle cells (Maguire et al., 2009). Interestingly, the authors also failed to detect an effect when Msh2 was downregulated in purified myoblasts maintained in culture for prolonged period of time suggesting that the MMR may not be the only mechanism involved in the correction process in myoblasts and that culturing conditions of these cells may influence the repair process.

The second phase implicated in the correction process mediated by ODNs, involves the activation of the repair process. Some studies have implicated the HR pathway through homology-directed repair (HDR) and non-homologous end-joining (NHEJ) mechanisms as one of the mechanisms responsible for the correction induced at the genomic level through evidences that demonstrate that a portion of the ODN becomes integral part of the genomic DNA (Radecke et al., 2006; Aarts and te Riele, 2010). However, it is evident that mechanisms other than HR may be involved in the process catalyzed by ODNs. Among those, the nucleotide excision repair (NER) pathway appear to play a role and it was demonstrated that two of the proteins involved in this repair pathway, XPG and ERCC4, are required to facilitate ssODN-mediated gene repair, whereas components in the NHEJ pathway was found to inhibit the correction process (Igoucheva et al., 2006).

Recent studies aimed at improving the specificity and efficacy of ssODNs in directing single base alterations at the genomic level have also evidenced the possibility of recruiting repair mechanisms other than HR and NER (Bertoni et al., 2009). The approach involves the use of ssODNs containing methyl-CpG sequences and capable of activating the base excision repair (BER) mechanism through the recruitment of the methyl-CpG binding domain protein 4 (MBD4) also known as MED1. MBD4 is thought to be responsible for maintaining genome integrity by recognizing G:T or G:U mismatches at m5CpG sites on double-stranded DNA (Bellacosa et al., 1999; Hendrich et al., 1999). In vitro studies have demonstrated that MBD4 can efficiently recognize and hydrolyze G:T or G:U mismatches at hemi-methylated m5CpG sites as well as G:T and G:U mismatches in non-methylated CpG sequences (Hendrich et al., 1999). The introduction of the DNA mismatch is recognized by DNA glycosylases which excise the damaged base from the genomic DNA creating an apurinic/apyrimidinic site (AP site). The DNA strand is subsequently processed by specific endonucleases and ligases to direct the addition of a new cytosine at the AP site and to complete the repair process using the ssODNs as template (Bertoni et al., 2009). This new generation of ssODNs was shown to efficiently correct a single point mutation introduced in a GFP reporter system which was stably transfected in myoblasts. The drawback of using methyl-CpG-modified ssODNs is represented by the sequence specificity of the mutations that can be targeted by this approach which limits its broad applications in all genetic defects (Bertoni et al., 2003, 2009).

THERAPIES FOR DMD USING ODNS TARGETING STEM CELLS

The feasibility of using ssODNs to correct gene defects in SCs and restore full-length dystrophin expression has recently been demonstrated by Nick-Ahd et al. In the study, the authors isolated SCs from the mdx5cv mouse and transfected PNA-ssODNs targeting the mdx5cv mutation prior to engraftment into immunocompromised mdx/nude mice (Nik-Ahd and Bertoni, 2014). Clusters of dystrophin-positive fibers were clearly detected immediately following transplantation and expression of dystrophin, resulting from the contribution of donor-derived SCs that had undergone gene repair, were shown to increase over time. The work represent the first evidence of the feasibility of inducing ex vivo gene repair of SCs without compromising the ability of isolated cells to self-renew following transplantation (Nik-Ahd and Bertoni, 2014).

More recently, gene editing strategies mediated by ssODNs has been extended to iPSCs isolated from human skin fibroblasts of two patients affected by type I spinal muscular atrophy (SMA). SMA is an autosomal recessive genetic disorder caused by a genetic defect in the survival motor neuron 1 (SMN1) gene, which encodes SMN. Loss of SMN protein is thought to be responsible for the progressive loss of motor neurons which is paralleled by the progressive muscle wasting characteristic of SMA patients (Brzustowicz et al., 1990; Lefebvre et al., 1995; Coovert et al., 1997). Corti et al used a 75 bp ssODN was used to target and redirect splicing of the SMN2 gene, a gene paralogous to SMN1 and to induce expression of a protein similar to SMN1. This strategy has previously been shown to partially rescue motor neuron loss in animal models and is considered a valuable approach to treat the disease in patients (Lefebvre et al., 1997; Le et al., 2005). Correction mediated by ssODNs targeting the SMN2 gene was achieved in approximately 4% of the transfected cells suggesting frequencies of gene repair similar to those observed in muscle culture and demonstrating that iPSCs are equally amenable to gene repair than myoblasts and SCs (Bertoni et al., 2005, 2009; Maguire et al., 2009; Kayali et al., 2010; Nik-Ahd and Bertoni, 2014). Importantly, when transplanted into the spinal cords of 1-day-old SMA mice, donor-derived motor neuron engrafted in the anterior spinal cords of transplanted mice and ameliorated defects in neuromuscular function in SMA mice (Corti et al., 2012). These results are particularly encouraging as they represent the first evidence of how gene editing mediated by ssODNs could have a clinical applicability to disorders other than DMD demonstrating that the field of gene repair is slowly but steadily growing toward the development of clinical applications for the treatment of different neuromuscular disorders.

NUCLEASE-MEDIATED GENE EDITING

During the past 10 years, the field of gene editing has witnessed a tremendous growth in the number of laboratories interested in developing corrections strategies using engineered nucleases. These nucleases are artificial restriction enzymes that can be designed to target virtually any site in the genome. Their use has enabled routine reprogramming of prokaryotic and eukaryotic systems for a variety of applications ranging from site-directed mutagenesis of bacterial systems, generation of animal models to study diseases, or simply proof-of-concept studies to demonstrate the specificity of a biological system. The ability of nucleases to recognize specific sequences in the genome and introduce a cleavage at specific sites has been known for almost two decades, but this technology has boomed only recently. This rapid growth is in part due to the crescent interest of commercial sources in developing new products that could be brought to the market and in part to the recognition of public and government sources of the potential that this application could have in basic and translational biology. More recently, nucleases have moved into preclinical and clinical applications for numerous diseases and three phase I and phase II clinical trials are on their way in Human Immunodeficiency Virus (HIV) patients (Tang, 2013a,b; Tebas and Stein, 2013).

There are three major families of engineered nucleases being employed in gene editing approaches: zinc finger nucleases (ZFNs), transcription activator-like effector nucleases (TALENs), and engineered meganuclease (MNs) (Figure 3). A fourth family termed clustered regularly interspaced short palindromic repeats (CRISPR) has been recently developed as an additional approach to alter genomic sequences at the DNA level (Pauwels et al., 2013). Despite its early stages of development, the use of CRISPR has already proven to be a valid alternative to ZFNs, TALENs, and MNs (Jinek et al., 2012, 2013; Chang et al., 2013; Cong et al., 2013; DiCarlo et al., 2013; Mali et al., 2013; Wang et al., 2013), but its potential for the treatment of neuromuscular disorders has yet to be explored.
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FIGURE 3. Nucleases currently used as gene editing tools for muscle disorders. (A) Schematic representation of a ZFN dimer bound to its target. Each ZFN contains the cleavage domain of FokI linked to a series of zinc fingers each designed to specifically recognize trinucleotide sequences (colored boxes) flanking the cleavage site. (B) Schematic representation of a TALEN dimer. Like ZFNs each TALEN contains the catalytic domain of the FokI endonuclease flanked by modules responsible for the recognition of the sequence targeted for repair. Unlike ZFNs, however, each modular repeat binds to a specific bp. Each color represents a module for each of the four nucleotide bases. (C) Schematic representation of a LAGLIDADG homing endonuclease (LHE) bound to a DNA target through its catalytic motif. Sequence specificity toward most DNA targets is usually achieved through the association or fusion of protein domains from different enzymes to generate chimeric MNs.



The mechanisms of action of nucleases are common to all system and rely on their ability to create a double-strand break (DSB) which is either repaired by NHEJ, or, in the presence of a donor DNA, can be repaired by HR (Figure 4). Several hurdles still need to be overcome before this approach can have a wide-spread use in the context of clinical applications to genetic disorders. Among those, is the limited level of gene editing frequencies achieved in cells, the relative difficulty and time consuming process required to assemble the nucleases in vitro, the need to use viral or plasmid vectors to ensure high levels of expression of nucleases in the nucleus required to achieve an effect and the risk of off-target mutations that have been associated with their use (as described in more detail below). Nonetheless, the results reported to date have clearly proven the validity of using engineered nucleases for therapeutic purposes.
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FIGURE 4. Gene editing using nucleases. Upon introduction into the cell and following recognition of the region of the genomic DNA targeted for repair, the binding domains of the nucleases associate and generate a DSB which triggers the activation of specific repair mechanisms. In the absence of donor DNA sequences, the break is repaired by the NHEJ repair pathway by cleaving non-compatible overhang sequences and by joining the ends of the cleaved sequences (targeted deletion). This usually results in deletions of one or more bases (indels). Depending on the type of mutation targeted for repair, these deletions can lead to either, the inactivation of the gene or to the expression of in-frame transcripts encoding for shorter, although still functional proteins. Introduction of single base alterations can only occur in the presence of a donor DNA containing the desired sequence (targeted correction). The process is directed by the HR pathway and requires the exchange of DNA sequences from the donor DNA to the genomic DNA targeted for repair.



ZFNS, TALENS, AND MNS

ZFNs are engineered restriction enzymes obtained by fusing a zinc finger DNA-binding domain to a DNA-cleavage domain originated from the FokI restriction endonuclease (Figure 3A). Each zinc finger domain interacts with 3 bps of DNA and can be engineered to target unique sequences within complex genomes (Bibikova et al., 2003). The DNA-binding domains of individual ZFNs typically contain between three and six individual zinc finger repeats allowing the recognition of sequences of the genome comprised between 9 and 18 bps respectively. Introduction of the DSB is mediated by the dimer formed by the association of two FokI domains. As a result, two ZFNs need to be expressed and bound to opposite strands of the targeted genomic DNA for the cleavage to occur (Figure 3A). Furthermore, each FokI domain needs to be separated by 5–7 bp to allow proper formation of the FokI dimer. To date, ZFNs have been successfully employed to target drosophila (Bibikova et al., 2002, 2003; Beumer et al., 2006, 2008, 2013; Bozas et al., 2009), plants (Shukla et al., 2009; Tovkach et al., 2009; Townsend et al., 2009; Marton et al., 2010; Osakabe et al., 2010; Zhang et al., 2010; Curtin et al., 2011; Qi et al., 2013), Caenorhabditis elegans (Morton et al., 2006; Wood et al., 2011), zebrafish (Doyon et al., 2008; Meng et al., 2008; Foley et al., 2009a,b; McCammon and Amacher, 2010; Sander et al., 2011b; Zhu et al., 2011), rat and mouse (Mani et al., 2005; Carbery et al., 2010; Mashimo et al., 2010; Meyer et al., 2010; Cui et al., 2011; Osiak et al., 2011; Chou et al., 2012; Hermann et al., 2012; Bhakta et al., 2013; Shen et al., 2013) and human cells (Alwin et al., 2005; Urnov et al., 2005; Lombardo et al., 2007; Miller et al., 2007; Perez et al., 2008; Hockemeyer et al., 2009; Zou et al., 2009; Holt et al., 2010; Lei et al., 2011; Dreyer and Cathomen, 2012; Handel et al., 2012; Wang et al., 2012).

One of the major drawbacks that has restricted the wide use of ZFNs in the research and clinical settings is the limited availability of DNA-binding domains targeting all trinucleotide combinations and required to guarantee specificity of the ZFN to its target (Desjarlais and Berg, 1992; Pabo et al., 2001), the high cost of purchasing engineered zinc-finger units available in proprietary archives (Pearson, 2008) and, even when DNA-binding domains can be obtained from publically available libraries, the difficulty encountered to assemble and select the ZFNs specific to the desired sequence (Isalan et al., 1997). These limitations have been largely overcome by the introduction of a second generation of engineered nucleases that display similar binding affinity for their target, but higher specificity and relative ease in assembly. TALENs are artificial restriction enzymes generated by fusing a TAL effector DNA binding domain to a DNA cleavage domain (Figure 3B). The DNA-binding domain is generally composed of repeats ranging in number from 33 to 35 amino acids with the exception of the 12th and 13th amino acids which vary for each of the four nucleotides that compose the DNA (Boch et al., 2009; Moscou and Bogdanove, 2009; Mahfouz et al., 2011). Therefore, assembly of the TALEN requires the simple combination of the four possible DNA-binding domains in the order specified by the sequence of the genomic DNA targeted for repair. Similarly to ZFNs, a recognition sequence of 14–20 bp is sufficient to confer specify toward the target site of the genomic DNA, while a separation of 12–19 bp between FokI domains appears to be ideal to guarantee efficient dimerization of the catalytic domain of the nuclease. The relative ease by which these nuclease can be assembled and the much lower cost of producing or purchasing custom vectors expressing a specific nuclease has enable gene editing mediated by TALENs to boom in a relatively short period of time (Cermak et al., 2011; Mahfouz and Li, 2011; Mahfouz et al., 2011; Sander et al., 2011a; Tesson et al., 2011; Wood et al., 2011; Carlson et al., 2012; Li et al., 2012; Liu et al., 2012; Moore et al., 2012; Tong et al., 2012).

A third class of nucleases has also been implemented as potential gene editing tools (Figure 3C). MNs (also known as homing endonucleases) have been developed based on studies that were originally conducted in yeast and that identified mobile elements in the genome (HO and I-SceI) encoded by the mitochondrial genome and responsible for triggering recombination events (Orr-Weaver et al., 1981; Kostriken et al., 1983; Jacquier and Dujon, 1985; Nickoloff et al., 1986; Colleaux et al., 1988). MNs recognize DNA sequences of 12–40 bp in length and are classified in five families based on key sequence and structure motifs. Among those, the LAGLIDADG family is the largest and best characterized one, and the one currently being used for designing MNs (Epinat et al., 2013). The initial studies employed a neomycin resistance reporter gene that was used to demonstrate the feasibility of targeting NIH3T3 and mouse ESCs (Rouet et al., 1994; Smih et al., 1995). Since then, MNs have been successfully applied to induce mutagenesis, recombination or gene targeting in bacteria (Cox et al., 2007; Flannagan et al., 2008), plants (Siebert and Puchta, 2002; Puchta and Fauser, 2013) and mammalian cells (Thermes et al., 2002; Epinat et al., 2003, 2013; Grosse et al., 2011; Izmiryan et al., 2011; Munoz et al., 2011; Menoret et al., 2013). Extensive work conducted on better understanding the mechanisms of action and the amino acid structure of different members of the LAGLIDADG family has enable the construction of chimeric MNs with improved activity and targetability (Seligman et al., 2002; Arnould et al., 2006; Rosen et al., 2006; Smith et al., 2006). Nonetheless, the still limited numbers of sequences that can be targeted combined with the inability of précising direct the recombination of heterodimers necessary to induce target specificity mediated by chimeric MNs (Arnould et al., 2006) has limited its applicability to a large number of genetic disorders.

APPLICATION OF ENGINEERED NUCLEASE FOR THE TREATMENT OF MUSCLE DISORDERS

The use of engineered nucleases to precisely direct genomic alterations in specific genes known to cause muscle disorders has so far been limited to proof-of-concept studies and have focused primarily on determining their applicability for the treatment of DMD (Chapdelaine et al., 2010; Rousseau et al., 2011; Benabdallah et al., 2013; Ousterout et al., 2013). MNs and ZFNs have been used to test the feasibility of activating the NHEJ repair mechanism and of restoring the normal reading frame of a dog microdystrophin gene containing a frame-shift mutation (Chapdelaine et al., 2010; Rousseau et al., 2011). The ability of MNs to induce indels in the dystrophin locus has also been demonstrated through studies aimed at determining the effect of chromatin accessibility on genome editing mediated by MNs (Daboussi et al., 2012). In this study, Daboussi et al designed 37 MNs capable of cleaving different genomic targets. Among those, 5 MNs were shown to efficiently target intronic regions of the dystrophin gene. Although the study was not designed to assess the feasibility of using MNs to restore dystrophin expression, it clearly demonstrated that the dystrophin locus is amenable to gene editing mediated by MNs paving the way for further work aimed at developing effective gene repair strategies to DMD using MNs.

Nuclease-mediated editing of dystrophin gene defects has been recently demonstrated in human cells. TALENs have been tested in primary dermal fibroblasts isolated from a DMD patient harboring a deletion of exons 46–50 (Δ 46–50) and have been used to induce targeted deletions of exon 51 to restore the coding reading frame of the dystrophin gene (Ousterout et al., 2013). Clonal analysis identified a clone with an NHEJ event expected to correct the dystrophin reading frame. When transdifferentiated into myoblasts following ectopic expression of MyoD, cells generated from the clone were shown to form myotubes expressing a dystrophin protein of a molecular weight identical to that predicted as a result of the expression of an in frame transcript lacking exon 46 through 50 of the dystrophin mRNA. The robustness of the approach was further confirmed in immortalized myoblast cells lines isolated from two DMD patients with a deletion of exons 48–50 (Δ 48–50) also treatable by the same pair of TALENs used to correct the Δ 46–50 fibroblasts. In addition to confirm the ability of nucleases of targeting the human DMD gene, these studies have also established the feasibility of using TALEN-mediated NHEJ to target and correct dystrophin gene defects caused by large deletions further extending the applicability of the approach to the majority of the mutations causing DMD.

DRAWBACKS AND LIMITATIONS OF GENE EDITING MEDIATED BY ODNS AND ENDONUCLEASES

As any technology currently being tested and optimized for the treatment of genetic disorders, limitations do exist that may ultimately preclude the use of ODNs or engineered nucleases from entering the clinic for the treatment of DMD. In the case of ODNs, perhaps the major drawback is the low efficiency of the correction process achieved to date. While the use of specific modifications inserted on the oligonucleotides to stabilize the structure of ssODNs (Kayali et al., 2010) or those used to recruit specific repair mechanisms (Bertoni et al., 2009) have proven to significantly increase the gene correction frequencies achieved in muscle in vitro and in vivo, the frequencies obtained remain low. Other factors are likely to influence the clinical applicability of ODNs including the possibility to induce mutations at regions of the genome different from that targeted for repair, a phenomenon that has not been studied in detail. Additional parameters such as possible toxicity of the ODNs once introduced into patients will also have to be examined.

One of the limiting factors that preclude the use of engineered nucleases, particularly for clinical applications, is represented by the inability to efficiently control the level of expression of the nucleases once delivered to the cell and by the fact that certain endonucleases such as ZFNs and TALENs require the formation of dimers to be active which implies the use of at least two vectors to efficiently express each endonuclease. To date, delivery of endonuclease into the cells has employed, for the most part, the use of plasmid vectors. Although this method of delivery result in efficient expression of the vectors sustained only for a short period of time, potentially the time needed for the nucleases to induce the desired genomic alteration, the level of expression achieved cannot be easily controlled and the efficiency of delivery is limited particularly when targeting stem cells or muscle progenitor cells. An alternative approach is to use lentiviral vectors which have been shown to efficiently transduce stem cells and to be able to achieve high levels of transgene expression. Although effective, these vectors are known to randomly integrate into the genome and therefore they can potentially be mutagenic. This problem has been recently addressed through extensive studies aimed at better characterizing the sequences encoded by the lentiviral vector that direct the recombination process and has led to the development of a new generation of lentiviral vectors unable of integrating (Cornu and Cathomen, 2007; Lombardo et al., 2007). Although safer, these vectors can only achieve limited levels of expression into cells which have been associated with significant lower levels of gene correction frequencies. Promising results have been obtained using adenoviral vectors (Perez et al., 2008; Holkers et al., 2013) and adeno-associated virus vectors which have been shown to drive efficient expression of the nucleases into cells (Porteus et al., 2003; Gellhaus et al., 2010; Metzger et al., 2011). Nonetheless, these vectors still require systems to control their expression once introduced into the cell.

An alternative to the use of viral vectors is the introduction into the cell of mRNA encoding for the nuclease (Geurts et al., 2010; Meyer et al., 2010; Zou et al., 2011) or purified nuclease proteins (Gaj et al., 2012). This method, however, has shown only limited efficacy and is associated with higher costs of production and purification of the endonucleases at the doses required to achieve significant effects.

A major concern that limits the use of endonuclease particularly in the context of therapeutic applications, is the potential off-target effects that have been associated with their use. These effects appear to be related, for the most part, to the lack of binding specificity of the DNA-binding domain toward its recognition sequence (Bibikova et al., 2002; Olsen et al., 2009). As such, cleavage of regions other than those targeted for repair may result in the generation of indels that, once repaired through NHEJ events, could lead to the inactivation of genes. If the inactivation occurs in genes responsible for muscle stem cells maintenance or necessary for the proper function of muscle progenitor cells poses serious safety concerns. Future applications of gene editing targeting and employing stem cells for therapeutic purposes will have to be further refined and issues of toxicity as well as possible side effects will have to be evaluated in detail so as to guarantee safe and long lasting effects.

FUTURE OF GENE EDITING STRATEGIES IN MUSCLE STEM CELLS

Several parameters need to be considered and optimized before we can reach the stage of designing clinical trials using gene editing approaches that specifically target muscle stem cells. First among all, is the efficacy of the approach being used and the benefits that can be achieved by the different systems being employed. Approaches aimed at correcting stem cells ex vivo have clear advantages over systems that target stem cells in situ (Figure 1). First, delivery of ODNs or nucleases in cells maintained in culture it is easier to accomplish as it can rely on both chemical as well as physical methods of delivery. For instance, the use of chemical-based reagents such as Lipofectamine™ 2000, Fugene® HD and other of transfection reagents currently in the market, as well as electroporation devices such as Amaxa Nucleofector™ and Neon® Electroporation System have proven to be effective in delivering naked DNA, including ssODNs as well as plasmids encoding nucleases into muscle progenitor cells, SCs, and ESCs (Bertoni and Rando, 2002; Bertoni et al., 2003, 2005; Dekker et al., 2003, 2006; Pierce et al., 2003; Aarts et al., 2006; Flagler et al., 2008; Kayali et al., 2010; Corti et al., 2012; Fontes and Lakshmipathy, 2013). Additionally, viral vectors can be used to express nucleases in cases where chemical and electroporation methods pose a challenge. Another advantage of targeting and correcting stem cells ex vivo, is represented by the fact that cells that have undergone repair can be selected, expanded in culture and characterized to ensure that they are safe to use in patients. Importantly, cells to be transplanted into muscle can undergo quality checks to ensure they are devoided of off-target mutations introduced by the ODN or the nuclease in region of the genome other than that targeted for repair. Great progress has been made toward the development of technologies capable of sequencing the entire genome or of studying changes in gene expression at a single cell level. These technologies are likely to become integral part of study design for future clinical trials and will be instrumental to the progress of gene editing technologies toward a safe and effective approach to treat muscle disorders. Finally, clones obtained following selection and expansion can potentially be stored over prolonged periods of times, virtually the lifetime of the patient, and could serve as a reservoir of cells to be used in the event that repeated administrations are required.

The major drawback of ex vivo approaches is represented by the difficulty encountered in delivering stem cells into skeletal muscles and the need to target a large number of muscles for the therapeutic approach to be clinically relevant. So far, most of the studies aimed at determining the efficacy of the genetically modified cells to restore muscle function have focused on delivering the cells intramuscularly. Although perfectly suitable for applications aimed at studying the efficacy of the cells being introduced into tissues to engraft and to regenerate muscle, this approach is not applicable in a clinical setting due to the number of injections that would be required to achieve functional effects in patients. Clinical applications to muscle disorders are likely to rely on the use of procedures capable of deliver genetically modified cells systemically. Intravenous or intrarterial injections have been successfully used to deliver Sca-1+CD34+ (Torrente et al., 2001) and CD133+ (Torrente et al., 2004) muscle derived stem cells, mesoangioblasts (Sampaolesi et al., 2006), and pericytes (Dellavalle et al., 2007), but appear to have limited applicability with other cell types. Factors that can promote migration, survival, and engraftment of cells following administration are likely to have important implications for the success of cell-mediated regenerative approaches for the treatment of neuromuscular diseases. Some success has already been achieved following pretreatment of mesoangioblasts with stromal-derived factor-1 (SDF-1) and tumor necrosis factor-α (TNF-α) prior to administration of mesoangioblasts into dystrophic mice (Galvez et al., 2006) and, more recently using inhibitors of junctional adhesion molecule-A (JAM-A) expression, a small immunoglobulin that is located at endothelial and epithelial cell junctions (Giannotta et al., 2014).

Direct delivery of ODNs or nucleases into skeletal muscles may represent a valuable alternative to transplantation of genetically modified cells. In general, this approach will only be able to target endogenous muscle stem cells that are actively participating to the regeneration process such as SCs. Furthermore, it would be applicable only to patients that are at an early stage during the disease process before the reservoir of cells capable of regenerating muscles is exhausted or before their regenerative capacity is compromised as a result of the continue activation typical of muscles that undergo repeated rounds of degeneration and regeneration. Several methods of delivery are currently being optimized and tested for their ability to distribute ODNs and nucleases into different organs and tissues following systemic administration. In the case of ODN-based therapies some success has been achieved using trans-activator of transcription (Tat) protein of the HIV (Frankel and Pabo, 1988; Green and Loewenstein, 1988; Green et al., 1989; Brooks et al., 2005; Bechara and Sagan, 2013). More recently, efforts have been directed toward the identification of short peptide sequences that could be linked to ODNs and used to enhance their uptake through mechanisms of endocytosis and/or direct translocation across the plasma membrane (Joliot et al., 1991; Bechara and Sagan, 2013; Betts and Wood, 2013; Moulton, 2013; Regberg et al., 2013). Some success has been achieved using ODNs tagged to cell penetrating peptides (CPPs) which have been shown to successfully target and distribute ODNs into myofibers following systemic administration (Lescop et al., 2005; Moulton et al., 2007; Ivanova et al., 2008; Wu et al., 2008; Yin et al., 2008; Betts and Wood, 2013). Moreover, the use of CPPs has been implemented in gene editing technologies aimed at enhancing delivery of engineered nucleases with promising results further highlighting the potential of using peptide as carriers to enhance delivery (Nain et al., 2010; Puria et al., 2012; Chen et al., 2013). However, most of the studies thus far have been focused on targeting myofibers and little is known on the ability of CPPs to penetrate SCs or other types of muscle stem cells following systemic delivery.

The main drawback of directly delivering systemically ODNs or nucleases into muscles is represented by the inability to control the repair process once the therapeutic agent reaches it targeted stem cell. As a result, issues of toxicity, off-target effects, and low frequencies of gene repair may limit the beneficial effects achieved. Studies aimed at further refine the efficacy and specificity of the repair process mediated by ODNs or nucleases is likely to have important implications for the success of gene editing approaches.

Independently from the approach used to correct the genetic defect and whether restoration of the missing protein is achieved through delivery of genetically modified cells ex vivo or systemic administration of gene editing tools in situ, other factors may hamper the efficacy and stability of the repair process. Considerations should be given to possible immune response toward the protein being restored as the result of the therapeutic application. Preconditioning of patients using immunosuppressive reagent as well as administration of chemotherapeutic drugs that are toxic to proliferating cells may be necessary to ensure efficient cell engraftment and rapid clonogenic growth of the transplanted cells.

SUMMARY AND CONCLUSIONS

The past decade or so has seen an exponential growth in the development of therapeutic applications for muscle disorders specifically designed to target stem cells. Clinical trials are currently undergoing to test the feasibility and efficacy of restoring dystrophin expression in skeletal muscles of DMD patients following systemic administration of mesoangioblasts highlighting the fact that the field is rapidly advancing toward clinical applications for this disease. Approaches aimed at using the patient own stem cells as source for the transplantation procedures has clear advantages over those using heterologous sources of stem cells. As such, it is likely that gene editing approaches will become integral part of future applications to treat muscle disorders using genetically modified cells.

Additional parameters will have to be taken into account and defined before these approaches can enter into the clinic. For instance, gene editing strategies targeting stem cells ex vivo will require to refine culturing techniques to ensure that, once explanted, muscle stem cells can be efficiently propagated in vitro while maintaining maximal regenerative potential. Furthermore, a better understanding of the mechanisms that regulate stem-cell properties will help redefine and select a specific population of cells that is safe to use in patients without compromising the beneficial effects that can be achieved using the approach. Along the same line, the development of new delivery systems or vectors capable of targeting muscle stem cells in situ will be a key to the optimization of gene editing strategies. Ultimately, a key component of preclinical and clinical studies will remain the efficacy and safety of the approach being employed. The trials currently under way for muscle disorders as well as other genetic diseases and the clinical trials that are planned to start within the next few years will be instrumental in determining the key parameters necessary to achieve sustained effects in patients and to ensure the safety and efficacy of the approach being employed. Despite the early stages of gene editing approaches aimed at targeting and correcting stem cells for the treatment of muscle disorders, the results obtained to date are encouraging. Collaborations among different laboratories interested in pursuing these technologies for the treatment of inherited genetic disease affecting muscle could result in advancing gene editing strategies more rapidly and more efficiently into the clinic.
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Despite the advances achieved in understanding the molecular biology of muscle cells in the past decades, there is still need for effective treatments of muscular degeneration caused by muscular dystrophies and for counteracting the muscle wasting caused by cachexia or sarcopenia. The corticosteroid medications currently in use for dystrophic patients merely help to control the inflammatory state and only slightly delay the progression of the disease. Unfortunately, walkers and wheel chairs are the only options for such patients to maintain independence and walking capabilities until the respiratory muscles become weak and the mechanical ventilation is needed. On the other hand, myostatin inhibition, IL-6 antagonism and synthetic ghrelin administration are examples of promising treatments in cachexia animal models. In both dystrophies and cachectic syndrome the muscular degeneration is extremely relevant and the translational therapeutic attempts to find a possible cure are well defined. In particular, molecular-based therapies are common options to be explored in order to exploit beneficial treatments for cachexia, while gene/cell therapies are mostly used in the attempt to induce a substantial improvement of the dystrophic muscular phenotype. This review focuses on the description of the use of molecular administrations and gene/stem cell therapy to treat muscular degenerations. It reviews previous trials using cell delivery protocols in mice and patients starting with the use of donor myoblasts, outlining the likely causes for their poor results and briefly focusing on satellite cell studies that raise new hope. Then it proceeds to describe recently identified stem/progenitor cells, including pluripotent stem cells and in relationship to their ability to home within a dystrophic muscle and to differentiate into skeletal muscle cells. Different known features of various stem cells are compared in this perspective, and the few available examples of their use in animal models of muscular degeneration are reported. Since non coding RNAs, including microRNAs (miRNAs), are emerging as prominent players in the regulation of stem cell fates we also provides an outline of the role of microRNAs in the control of myogenic commitment. Finally, based on our current knowledge and the rapid advance in stem cell biology, a prediction of clinical translation for cell therapy protocols combined with molecular treatments is discussed.
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INTRODUCTION

Muscular dystrophies are heterogeneous genetic diseases caused by progressive degeneration of skeletal muscle fibers (Emery, 2002). Mutations in genes encoding for crucial skeletal muscle proteins located either at the plasma membrane (i.e., dystrophin-glycoprotein complex) or, less frequently, within internal cellular membranes are responsible for those disorders. The lack of those proteins increases the probability of damage during contraction and eventually leads to fiber degeneration (Blake et al., 2002; Gumerson and Michele, 2011). Despite the extensive literature reported on this topic, the molecular mechanisms responsible for the progressive muscular degeneration are not yet understood in detail. Physiologically, muscular fiber degeneration is counterbalanced by the regeneration of new fibers formed at the expense of resident myogenic cells and usually each degeneration process is followed by a new regenerative cycle. Skeletal muscle regeneration is mainly sustained by satellite cells (Mauro, 1961), local myogenic progenitors localized underneath the basal lamina of muscle fibers (Tedesco et al., 2010).

When it is damaged, a muscle undergoes a remodeling process and the resident myogenic cells differentiate into myofibroblasts to produce extracellular matrix (ECM), which is required for the adequate tissue repair. Following repeated cycles of degeneration/regeneration, such myofibroblasts accumulate in the muscle producing large amounts of ECM proteins and thus ultimately leading to fibrosis. However, after repeated injuries, the satellite cells in the muscles become exhausted, losing their regenerative capacity. In this view, the genetic manipulation of satellite cells could potentially guarantee an improved muscle regeneration and function. In this review we provide information about the different sources of myogenic stem cells, highlighting their common features and characteristics as well as their controversies in the therapeutic approaches. Advantage and disadvantage for autologous and heterologous cell therapy will be discussed, considering the different sources of myogenic stem cells.

Alterations in skeletal muscle homeostasis can result in either atrophy or hypo-metabolism. Etiologically, the molecular determinants responsible for such metabolic changes are known as common players in different muscular wasting diseases. In this view, they represent promising therapeutic targets common to the wide range of the known muscular diseases that could determine a strong impact in terms of prognosis, clinical setting and management. Pharmacotherapy still represents the most common strategy adopted to counteract muscle wasting for a large spectrum of muscular diseases such as cancer mediated cachexia, Rheumatoid Arthritis (RA) and sarcopenia, while muscular dystrophies can also be potentially treated by a multi-therapeutic approach based on gene/cell therapies combined with molecular treatments.

PATHOPHYSIOLOGY AND CLINICAL RELEVANCE OF MUSCLE WASTING

The state of progressive loss of muscular and fat mass known as cachexia syndrome is a condition associated with several chronic diseases such as AIDS, cancer, chronic obstructive lung disease, multiple sclerosis, congestive heart failure, sepsis, diabetes, RA and tuberculosis (Laviano et al., 2003; Fearon et al., 2011). According to its multifactorial and complex nature, as well as to both the pathophysiologic and epidemiologic features of its primary-related disease, such syndrome depicts a worse global epidemiologic scenario if compared with the other musculoskeletal disorders. The dramatic effects that cachexia have on the prognosis are well-known in clinical management of cancer diseases. According with the Global Burden Diseases (GBD) estimations, up to 50% of the oncologic patients suffer from cachexia and up to 80% of them show clear signs of cachexia in the late stages of cancer progression (Laviano et al., 2003; Fearon et al., 2011; Suzuki et al., 2013). Moreover, cancer-related cachexia counteracts the efficacy of radio- and chemotherapeutic treatments by increasing their side effects and decreasing patient's quality of life (Tisdale, 2002). Such complications are directly reliable for a high percentage of mortality in cancer patients, about 20–40%, accounting for more than 2 million of global premature deaths for year (Bruera, 1997).

Among the wide range of the muscular diseases that affect musculoskeletal system by hampering respiratory and locomotive functions, RA, dystrophies and cachexia syndrome represent the most common and are considered as a serious problem for human health. In 2010 GBD estimates showed that musculoskeletal disorders accounted for more than 150,000 deaths, with an increment of 121% between 1990 and 2010 (Lim et al., 2012).

The progressive skeletal muscle weakness and wasting are the main prognostic features exhibited by the heterogeneous musculoskeletal disorders (Leung and Wagner, 2013) (Figure 1). Although musculoskeletal diseases and cachexia have different origins (due to genetic alterations the first and to complications of several chronic diseases the latter), body weight loss, muscle atrophy, fatigue, weakness and loss of appetite are common clinical features observed in both. Nevertheless, while many autoimmune diseases ultimately result in a cachectic state of the patients, they are often associated with unintentional weight loss. RA is an autoimmune disease where the energetic balance is normal and eventually fat mass is increased. Thus, RA is a unique example of autoimmune disease in which cachexia is not associated with a general body-wide wasting and depends exclusively on the reduction in the muscle mass that might be responsible in lowering the average survival of the patients. Therefore, muscle wasting is the key player responsible for the induction of muscle atrophy in musculoskeletal disorders, which is triggered by catabolic events occurring into the affected skeletal muscle tissue (Figure 1). At the molecular level, this is due to an unbalance between protein anabolism and catabolism in favor of proteolysis of some crucial proteins occurring into the muscle fibers, mediated by the expression of muscle-specific ubiquitin ligase (E3 protein) atrogin1/MAFbx and MuRF1 (Bodine et al., 2001; Gomes et al., 2001).
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FIGURE 1. Pathological heterogeneity of muscle wasting. Descriptive model of muscle degeneration in chronic diseases. Loss of muscle mass, decrease of fiber size and myonuclear content, reduction of contraction force and increase of fibrosis (white net) are common pathophysiological features of muscle degeneration mediated by changes into the biological process (white arrows) triggered by muscle diseases.



Beyond the basic action of mechanic contraction, the skeletal muscle is a tissue involved in many other metabolic activities such as glucose, glycogen and lipid metabolism (Jensen and Richter, 2012), as well as endocrine (Pedersen and Febbraio, 2008) and immunogenic activities (Nielsen and Pedersen, 2008). Such biological heterogeneity reflects the histological diversity observed into the skeletal muscle tissue and, in turn, highlights multifaceted possibilities for the therapeutic interventions. It has been recently demonstrated that the microenvironment outside the myofibers can actively participate to the cancer-mediated muscle wasting. This happens when circulating tumor factors induce muscle damage by activation of both satellite and non-satellite muscle progenitor cells, and such process is followed by inhibition of their myogenic differentiation due to a persistent expression of Pax7 (He et al., 2013). On the other hand, the metabolic complexity of the skeletal muscle also renders it susceptible to environmental stimuli. Epidemiological studies show indeed the potential role of environmental and lifestyle factors (i.e., physical activity, diet and sun exposure) on the increasing susceptibility of the insurgence of sarcopenia (Scott et al., 2011). Overall, studies focused on the investigation of the general molecular mechanisms responsible for muscle wasting identified some potential therapeutic targets involved in the main catabolic pathways and that could be inhibited by pharmacological and by gene- or cell-therapy based approaches. Specifically, we will discuss pharmacological strategies aimed to counteract the effects of pro-inflammatory stimuli (i.e., TNF-α, IL-6) in cachexia, sarcopenia and RA, as well vector-based micro-dystrophin transfer, oligonucleotide-induced exon-skipping and cell therapy strategy based on the use of healthy myogenic cell precursors [i.e., satellite cells, side population (SP), fibro-adipogenic progenitors (FAPs), mesoangioblasts, ES, and iPS cells] in dystrophinopathies (Figure 2).
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FIGURE 2. Treatments of muscle diseases. Representative scheme of the main therapeutic approaches adopted to counteract muscle wasting. Pharmacotherapy aims to maintain muscle integrity by neutralization of ubiquitin-proteasome pathway (UPP), provoked by circulating pro-inflammatory stimuli (i.e., TNF-α and Il-6). Administration of non-steroidal anti-inflammatory drugs (NSAID, green), fenofibrates and steroids (STEDS, blue) reduces the overall expressions of atrogenes. It also stimulates utrophin expression and regulates the cytosolic homeostasis of NO and Ca++ elements, while drug-like molecules (red) and antibiotics (green) provide the “read-through” strategy to obtain semi-functional dystrophin protein. To date, NSAID and STEDS are the most diffused drugs to treat dystrophinopathies, cachexia syndrome, rheumatoid arthritis and sarcopenia. Gene therapy is experimentally adopted for dystrophinopathies treatments. Such method is based on the use of Adeno-associated viruses (AAV) and lentiviral vectors to mediate the delivery of micro-dystrophin or mini-utrophin and by use of exon skipping strategy to increase the endogenous expression of dystrophin (see text). Skeletal Myogenic Precursors (SMPS), Side Population (SP), Fibro-Adipogenic Progenitors (FAPs) and Mesoangioblasts (MABs) are potential candidates for cell therapeutic approaches of dystrophinopathies. MABs were recently enrolled in PhaseI/II clinical trial either for their ability to repopulate the endogenous pool of satellite cells and for their myogenic differentiation capability to produce dystrophin.



PHARMACOLOGICAL APPROACH

Lack or alteration of structural proteins into the musculoskeletal system causes chronic inflammation. Although there are no specific cures for muscle wasting mediated by the different forms of muscular dystrophies and cachexia, pharmacotherapy has been the first historical clinical approach used to modulate the progression of such diseases (Abdel-Hamid and Clemens, 2012) by counteracting chronic inflammation (Figure 2). Because dystrophin plays a crucial role in preserving the integrity of the muscular membrane by permitting the anchorage of the dystrophin-associated protein complex, lack or genetic mutations of dystrophin result in a chronic influx of calcium into the myofibers, causing cellular death and inflammatory responses. In addition, fibrosis can occur to replace the damaged muscular fibers, causing muscle weakness (Figure 1). Pilot studies performed in patients affected by Duchenne/Becker and Limb-Girdle muscular dystrophies (DMD, BMD, and LGMD respectively) based on the administration of non-steroidal anti-inflammatory drugs, such as ibuprofen and nabumetone, or on the use of isosorbide dinitrate, a NO donor vasodilator, showed an improvement of the general pathophysiologic conditions (Figure 2). This effect was mediated by a deregulation of circulating level of TGF-β (D'Angelo et al., 2012), a known mediator of fibrosis in dystrophinopathies (Goldstein and Mcnally, 2010). Corticosteroids have been proposed as a pharmacological therapy for dystrophinopathies, in order to counteract muscle necrosis, inflammation and to reduce the muscle membrane susceptibility to damage (Abdel-Hamid and Clemens, 2012). In particular, prednisone (Griggs et al., 1991, 1993; Bonifati et al., 2000) and deflazacort (Bonifati et al., 2000) induce improvement and a long-term stabilization of the muscle strength (Bonifati et al., 2000), as well as a substantial reduction of weakness progression in DMD patients (Moxley et al., 2005). Moreover, since the elevation of cytosolic calcium concentration can trigger apoptotic and/or necrosis events in the dystrophic muscles, such physiological alteration represents another important glucocorticoid-based therapeutic target. Recently, studies in preclinical models proposed α-methylprednisolone, administrated either alone (Ruegg et al., 2002) or in combination with taurine (an aminoacid with antioxidant properties), as a candidate for pharmacological regulation of the cytosolic calcium flux in dystrophic muscles (Cozzoli et al., 2011).

The pharmacological efforts aiming to counteract muscle degeneration in dystrophinopathies mainly point to stabilize the muscular membrane integrity. This is the case of drugs designed to increase the expression level of native utrophin, as a mechanisms used to compensate for the dystrophin lack (Tinsley et al., 1998; Gilbert et al., 1999). Nabumetone is a novel promising small molecule with anti-inflammatory properties (COX1 and 2 inhibitor) that in vitro can activate the promoter of the A isoform of utrophin (Moorwood et al., 2011). The administration of aminoglycosides antibiotics (i.e., Gentamicin, NB54) (Barton-Davis et al., 1999; Politano et al., 2003; Nudelman et al., 2009) and read-through compounds such as RTC13, RTC14 (Kayali et al., 2012), or ataluren (PTC124) (Hamed, 2006; Finkel, 2010) has been proposed as a new strategy to induce ribosomal read-through of premature termination mutations, to obtain a full-length dystrophin protein in patients with DMD and Becker Muscular Dystrophy (BMD) (Figure 2). Various pro-inflammatory stimuli are involved in cancer mediated muscle wasting (Todorov et al., 1996; Suzuki et al., 2013), RA (Gomez-Sanmiguel et al., 2013) and sarcopenia (Malafarina et al., 2012). In this case the pharmacological approaches used so far aim to counteract the biological activity of secreted pro-inflammatory mediators, such as interleukins (Il-1β, IL-6), interferon gamma (IFN-γ), tumor necrosis factor alpha (TNF-α) (Todorov et al., 1996) and proteolysis inducing factor (PIF) (Todorov et al., 1999). Unfortunately, anti-cytokine therapy aimed to block TNF-α by administration of Infliximab (monoclonal TNF antibody) or Etanercept (soluble TNF-α receptor) in cancer patients showed only poor ameliorative effects on cachexia pathophysiology (Gueta et al., 2010; Wu et al., 2013), whereas in patients with RA mediated cachexia, Etanercept was shown to reduced mortality (Morgan et al., 2014) and ameliorate the muscular function (Marcora et al., 2006). Indomethacin showed anti-cachectic effects in muscles from tumor bearing mice by inducing reduction in the levels of NF-kappaB, TNF-α and IL-6 (Zhou et al., 2003). Notably, dithiocarbamate inhibits IL-6 synthesis (Nai et al., 2007). Other treatments proposed in in vivo models in order to counteract oxidative and inflammatory burden in cancer-mediated muscle wasting are based on administration of glycine (Ham et al., 2013), simvastatin (Palus et al., 2013), eicosapentaenoic acid (Vaughan et al., 2012) and use of proteasome inhibitors to block the ubiquitin-proteasome pathway (Zhang et al., 2013). Such treatments efficiently counteract the expression of genes associated with the muscle protein breakdown observed in cancer cachexia (i.e., Atrogin-1 and MuRF-1) On the contrary, fenofibrate, a PPARα agonist (Castillero et al., 2011), and α-Melanocyte-stimulating hormone (α-MSH) (Gomez-Sanmiguel et al., 2013) ameliorate the pathophysiology of muscles in an adjuvant-induced arthritis rat model by preventing the overexpression of Atrogin-1, MuRF-1, and myostatin observed in RA (Castillero et al., 2011; Gomez-Sanmiguel et al., 2013). Pharmacological treatments used to counteract the progressive loss of skeletal muscle mass observed in sarcopenia are based on the administration of ghrelin, testosterone, Growth Hormone (GH), myostatin inhibitors and supplementation of vitamin D (Malafarina et al., 2012). Therapeutically, despite the efforts spent so far for sarcopenia treatment, only few results have been achieved in terms of increased muscle mass and strength, and decrease of muscle catabolism. Because vitamin D levels decrease with elderly, promising results were obtained in dietary supplementation of vitamin D in aged people, specially in muscle functional improvement (Malafarina et al., 2012).

GENE THERAPY

Gene replacement strategy was historically conceived to counteract the lack of dystrophin that affects DMD and BDM patients. Transgenic mice (mdx), dogs with X-linked muscular dystrophy (GRMD), and non-human primates (cynomolgus macaques) are examples of animal models extensively used to test novel methods for dystrophin gene delivery. Adeno-associated viruses (AAV) and lentivirus based vectors mediate efficient delivery of micro-dystrophin or mini-utrophin (Cerletti et al., 2003) and provide an alternative option for dystrophin-deficient mdx mouse (Gregorevic et al., 2004, 2006; Yoshimura et al., 2004; Liu et al., 2005; Rodino-Klapac et al., 2007), in non-human primate animal models (Rodino-Klapac et al., 2007) and Golden Retriever Muscular Dystrophy (GRMD) dogs (Cerletti et al., 2003; Sampaolesi et al., 2006; Koo et al., 2011). Nevertheless, all the dystrophin delivery methods proposed so far showed poor restoration of dystrophin within a small area of the skeletal muscle tissue targeted and only a partial improvement of the contractile properties (Rodino-Klapac et al., 2013) (Figure 2). Since deletions of single or multiple exons in the dystrophin gene are the most pathogenic mutations in DMD and BDM, antisense-mediated exon skipping (Douglas and Wood, 2013) represents a promising additional strategy adopted to increase dystrophin expression in DMD and BDM models, by restoring the genetic reading frame. Notably, this can be obtained either by single- (Van Deutekom et al., 2007; Jorgensen et al., 2009; Kinali et al., 2009) or multi-exon skipping approaches (Aartsma-Rus et al., 2006; McClorey et al., 2006; Goyenvalle et al., 2012). So far, many antisense oligonucleotide, such as morpholino oligomers (PMOs) and 2′O-methylphosphorothioate oligoribonucleotides (2′OMe), have been synthetized and successfully tested both in vitro and in vivo (Benedetti et al., 2013). They act by targeting of specific exons allowing their skipping during the splicing of dystrophin mRNA (Figure 2). In 2007 van Deutekom and colleagues tested the ability of PRO051oligonucleotide to restore dystrophin into the tibialis anterior of 4 DMD patients. In 2009 Kinali and colleagues treated the extensor digitorum brevis of 7 DMD patients with morpholino splice-switching oligonucleotide (AVI-4658) (Kinali et al., 2009). These trials provided evidences for local restoration of dystrophin in the treated muscles and for the safety of the protocols adopted (Van Deutekom et al., 2007).

However, because myoastin negatively affects skeletal muscle growth, AAV-mediated gene delivery of myostatin inhibitors (i.e., MRPO) has been proposed as a therapeutic strategy to maintain muscle mass (Morine et al., 2010) and improve the contraction force (Qiao et al., 2008) in both mdx mice (Qiao et al., 2008; Morine et al., 2010) and dogs (Qiao et al., 2009). Noteworthy, gene therapy AAV-mediated approaches were also used to restore structural, such as sarcoglycans (Sampaolesi et al., 2003), and non-structural proteins (Goonasekera et al., 2011). In fact, it is known that cytosolic alteration of Ca2+ flux observed in muscular dystrophies leads to sarcolemmal instability. This could be reduced by overexpressing the sarcoplasmic reticulum Ca2+ ATPase 1 (SERCA1) in both mdx and δ-sarcoglycan-null (Sgcd−/−) mice (Goonasekera et al., 2011). Preclinical studies about the therapeutic applications of AAV-based gene delivery strategies were also performed to treat RA (Dai and Rabie, 2007). In particular, because the synovial lining is poorly transduced, subsynovial muscle tissues have been predominantly transfected in various RA models to investigate the effects of anti-inflammatory mediators such as IL-4 (Cottard et al., 2000) and IL-10 (Apparailly et al., 2002) either in mice (Cottard et al., 2000; Apparailly et al., 2002) as well as in human and murine synovial cell lines (Katakura et al., 2004).

CELL THERAPY

As already previously mentioned, satellite cells are quiescent unipotent stem cells, located underneath the basal lamina of adult skeletal muscle fibers (Mauro, 1961). They are formed during the second wave of embryonic myogenesis after which they exit the cell cycle, contributing significantly to the first post-natal muscle growth (Gros et al., 2005; Kassar-Duchossoy et al., 2005; Relaix et al., 2005). In case of muscle damages, satellite cells can re-enter the cell cycle resulting in an increasing number of myogenic progenitors able to fuse and form new muscle fibers (Huard et al., 2002; Jarvinen et al., 2005; Tedesco et al., 2010; Wang and Rudnicki, 2012). Given their natural commitment, it has been easy to consider satellite cells as the leading candidate for muscle regeneration in dystrophic mice (Partridge et al., 1989). In the case of transplantation of individual fibers into the tibialis anterior of irradiated mdx mice (specific treatment used to remove the existing population of satellite cells), satellite cells of the fiber donor expand, repopulating the endogenous pool, and differentiate into functional myofibers. Pax7+/CD34+/GFP+ satellite cells, isolated from the diaphragm of Pax3::GFP mice, proved a good cellular model for the treatment of irradiated mdx muscles, resulting in restoration of the expression of dystrophin in many skeletal fibers and reconstitution of the pool of resident satellites cells (Montarras et al., 2005) (Figure 2). It has been shown by in vivo imaging that a single CD34+/integrinα+ satellite cell can replenish the resident satellite pool that, in the presence of further damage, can quickly re-enter a new wave of proliferation, generating new myofibers (Sacco et al., 2008). Fifty years of studies about the role of stem cells in skeletal muscle regeneration have identified a complex pattern of expression for surface markers within the endogenous pool of satellite cells (Rinaldi and Perlingeiro, 2013). Specific subpopulations of satellite cells positive for CD34 (Beauchamp et al., 2000), M-cadherin (Irintchev et al., 1994), α7β 1-integrin (Burkin and Kaufman, 1999; Gnocchi et al., 2009), syndecan-3/4 (Cornelison et al., 2004), the chemokine receptor CXCR4 (Ratajczak et al., 2003) barx2 (Meech et al., 2012) and caveolin-1 (Volonte et al., 2005) have been identified and investigated for their in vitro, as well as in vivo, therapeutic potential.

The intra-muscular injections, however, have revealed some significant problems. One of the major limitations on the use of satellite cells in therapy is the cell heterogeneity. The variable rate of satellite cell homing after transplantation of a single myofiber could be due to the cell heterogeneity and their functional niche of origin. Moreover, satellite cells show limited migratory ability, reduced myogenic capacity when expanded in vitro, while the host immune rejection still represents a major issue when satellite cells are used for transplantation (Mouly et al., 2005; Kuang and Rudnicki, 2008). Nevertheless, many others methodological issues concerning intramuscular cell transplantation of myogenic stem cells in the treatment of dystrophinopathies have been partially solved by a further basic knowledge of the skeletal muscle stem cell biology, achieved in the recent years by both clinical and pre-clinical data (Hill et al., 2006; Skuk and Tremblay, 2011; Brack and Rando, 2012).

Recently, interesting results have been obtained by the prospective isolation of skeletal myogenic precursors (SMPS) (Figure 2), a distinct population of the satellite cells pool, characterized by the expression of Cxcr4 and β 1integrin and the absence of CD45, Sca1 and Mac1(Sherwood et al., 2004). Once injected into immunodeficient mdx muscles, SMPS contribute to the muscle regeneration (up to 94%) and to the satellite cell pool. SMPS need to be injected freshly isolated, in order to have beneficial effects. Although their migratory capacity remains limited to the areas surrounding the site of injection, the contractile force of limb muscles was significantly higher in the treated mice compared to controls (Cerletti et al., 2008).

A subpopulation of progenitors associated with skeletal muscles is a so-called SP. SP cells are defined as myogenic cells SCA1+/ CD45+ (Polesskaya et al., 2003; Seale et al., 2004), unable to retain the intercalating Hoechst 33342 dyes (Gussoni et al., 1999; Polesskaya et al., 2003; Montanaro et al., 2004). When co-cultured with myoblasts, they can fuse to form myotubes in vitro and, if injected into the femoral artery in mice mdx5cv mice, can contribute up to 5–8% of the regenerated fibers (Perez et al., 2009). Remarkable results were obtained with the isolation of a rare subset (0.25%) of SP cells, identified as SCA1+/ABCG2+/Syndecan4+/Pax7+ cells (Tanaka et al., 2009). Once injected, those cells in muscle treated with 1.2% BaCl2 regenerate up to 30% of the fibers and, surprisingly, reconstitute up to 75% of the endogenous satellite pool (Tanaka et al., 2009). However, the muscle damage induced by BaCl2 is not a commonly accepted model of regeneration and this must be taken into account when interpreting these results. Another class of myogenic precursor was isolated from the population of endothelial cells in human muscles, through the prospective isolation of cells by FACS CD56+/CD34+/CD144+ (Okada et al., 2008). These myoendothelial progenitors, after injection into injured muscle of SCID mice can be grafted into existing muscle fibers and form neofibres (Tamaki et al., 2002). A population of muscle-interstitial cells, referred to as FAPs, was recently identified. FAPs have been shown to mediate the beneficial effects of histone deacetylase inhibitors (HDACi) in mdx mice (Mozzetta et al., 2013). HDACi are known as promoters of endogenous regeneration and functional recovery of dystrophic muscles in the mdx mouse. They act by increasing the fiber size and reducing both the fibrosis and the fat deposition (Minetti et al., 2006). FAPs isolated from young dystrophic subjects show a minimal myogenic commitment that can be implemented by HDACi at the expense of their fibro-adipogenic potential. In addition, HDACi enhance FAPs ability to promote differentiation of adjacent satellite cells (Figure 2).

In recent years, a new class of stem cells associated with vasculatures and termed mesoangioblasts (MABs) have been studied as potential therapeutic protocols to threat dystrophic muscles (Figure 2). MABs were originally isolated from the dorsal aorta of the embryo (E9.5) (Minasi et al., 2002) and then from adult skeletal muscles in mice, dogs, and humans (Tonlorenzi et al., 2007; Quattrocelli et al., 2012). MABs are positive for several markers, including CD34, SMA, Pdgfrα, Pdgfrβ, Ng2, and AP, supporting the hypothesis that they belong to a subgroup of pericytes. MABs are multipotent as highlighted by their myogenic, osteogenic, chondrogenic, and adipogenic differentiation potential observed in quail-chick chimeras and in vitro and in vivo experiments in mouse model. After intra-arterial injection in dystrophic muscles of Scga-null mice or GRMD dogs, MABs are able to regenerate (up to 50%) muscle architecture, with functionality (Sampaolesi et al., 2006). Similarly, promised results were obtained with the transplantation of human MABs in immunodeficient mdx mice (Sampaolesi et al., 2003). Building up on those promising preclinical studies a Phase I/II clinical trial of donor mesoangioblasts transplantation from HLA-identical donors in 5 DMD patients is nearing completion (EudraCT Number: 2011-000176-33). However, due the ethical rules, several limitations are present in this first attempt of stem cell systemic delivery in DMD patients. First, the age of the patients and progression of the disease were advanced in the enrolled patients. Second, cell dose was quite low, from 1/5 to 1/10 of that administered to the GRMD dogs. Third, injections were limited into the femoral arteries, confining the cell treatment mainly to the muscles downstream the femoral artery. Taken into account those limitations, this trial will give important information about the safety of systemic delivery of adult stem cells in DMD patients. This trial will also hopefully answer some questions regarding the capability of donor stem cells to migrate towards regenerating muscles and undergo myogenic differentiation, by producing dystrophin.

In the last few years there is a growing interest about the therapeutic prospective offered by pluripotent stem cells. Embryonic Stem (ES) cells have been isolated from the inner cell mass of the blastocyst in mouse (Evans and Kaufman, 1981; Martin, 1981) and in human (Thomson et al., 1998), showing pluripotent features. Mouse and human ES cells can efficiently differentiate into the three germ layers, mesoderm, ectoderm and endoderm and a consistent number of studies showed their myogenic differentiation potential in vitro and in vivo (Bhagavati and Xu, 2005; Barberi et al., 2007; Filareto et al., 2012). The therapeutic use of ES cells has been strongly debated in the scientific community, mainly because of limitations linked to immune rejection and ethical concerns. However, part of these obstacles has been overcome by a pioneering study of Yamanaka in 2006 (Takahashi and Yamanaka, 2006) showing that induced pluripotent stem (iPS) cells can be generated from somatic cells. In addition, a very recent paper published in Nature showed that is possible to generate pluripotent stem cells by STAP, stimulus-triggered acquisition of pluripotency (Obokata et al., 2014). Basically, pluripotent conversion can be achieved by brief exposition of low-passage source cells to acidic conditions (pH 5.7). Since STAP reprogramming takes a very short period, only few days unlike transgene- or chemical-induced iPS cell conversion, it could be clinically relevant for tailoring cell therapy approaches.

To date, the use of iPS cells to potentially correct the dystrophic phenotype has been reported in several studies on murine (Mizuno et al., 2010; Darabi et al., 2011; Quattrocelli et al., 2011; Filareto et al., 2013) and human iPS cells (Darabi et al., 2012). Preclinical evidences show that myoblasts and mesenchymal cells derived from human ES and iPS can efficiently fuse with mature muscle fibers (Awaya et al., 2012; Goudenege et al., 2012) and improve the performances of engrafted muscles (Darabi et al., 2012) (Figure 2). After introduction of factor-based reprogramming, generation of iPS cells is feasible from any kind of cell population. However, iPS cells own an epigenetic memory, which results in a biased cell-differentiation towards the cell lineage of its source. This is probably due to the conservation of epigenetic marks, like CpG island (CGI) methylation and histone modifications, after reprogramming (Kim et al., 2010; Polo et al., 2010). Also iPS cells generated from murine skeletal MABs upon teratoma analysis differentiated with a significantly greater efficiency towards skeletal myocytes compared to fibroblast-reprogrammed iPS cells (Quattrocelli et al., 2011). If the myogenic memory will be confirmed in human iPS cells, this phenomenon could have an unpredicted impact for future translational studies.

Overall, these evidences suggest that, although all the efforts made so far on the use of pluripotent stem cells have been focalized on dystrophinopathies, the therapeutic use of iPS and ES cells could be an extraordinary potential clinical tool useful in the treatment of any skeletal muscle degenerations.

NEW CHALLENGE: MICRORNAS AND THEIR THERAPEUTIC POTENTIAL

In the early '90 a 22 nt non-coding transcript RNA, lin-4, was identified in C. elegans. It represses the expression of lin-14, a nuclear protein necessary for the larval development (Lee et al., 1993; Wightman et al., 1993). This discovery was the trigger for thousands of subsequent publications regarding the identification of micro inhibitory RNAs (miRNAs) in early embryogenesis (Berardi et al., 2012) and in cardiac and skeletal myogenesis (Ge and Chen, 2011; Crippa et al., 2012). miRNAs target sites in the 3'UTR of the mRNA leading to inhibition of mRNA translation and/or enhanced mRNA degradation, thus resulting in the decrease of protein expression levels (Djuranovic et al., 2011). miRNAs are generally transcribed by RNA polymerase II, as a primary miRNA (pri-miRNA)s then the RNase III enzyme Drosha removes hairpins from pri-miRNAs generating pre-miRNAs. In the cytoplasm, the pre-miRNA is further cleaved by the RNase III enzyme Dicer to generate mature miRNAs.

Highly expressed miRNAs in skeletal muscle tissue are termed myomiRs, which include miR-1, miR-133a, miR133-b, miR-206, miR-208, miR208b, miR486, and miR-499 (Van Rooij et al., 2008). They can be responsible for metabolic changes in skeletal muscle tissue (Figure 3). For example, muscular hypertrophy in Texel sheep is caused by a point mutation in the 3'UTR of myostatin RNA messengers, which creates a target site for miR-1 and miR-206 (Clop et al., 2006). Those miRNAs are abundant in the skeletal muscle tissue and can negatively affect myostatin expression, one of the most effective repressor of muscle growth. However, since another possible target for miR-206 is utrophin, a valuable substitute of dystrophin, several researchers believe that miR-206 can be responsible to sustain the dystrophic phenotype (Rosenberg et al., 2006). Transgenic mice for gain and loss of function studies are necessary to shed light in those controversies.


[image: image]

FIGURE 3. The roles of miRNA in skeletal muscle homeostasis and dysfunction. Representative scheme of the main miRNAs involved in skeletal muscle functions. Specific miRNAs are critical for satellite cell activation (miR-27b) or for skeletal muscle differentiation (miR-1) and can be induced for therapeutic approaches. Other miRNAs are involved in muscle metabolism and they are able to modulate the AKT/PI3K pathway. Two miRNA families are peculiar for their opposite dual biological functions: miR-669 can inhibit MyoD causing a benefit in cardiac progenitors but in the same time reduced myogenic potential in skeletal muscle progenitors; miR-206 can induce hypertrophy by targeting mutated 3'UTR of myostatin messengers and can sustain dystrophic phenotype by inhibiting utrophin expression.



miRNA are also critic regulators for muscle wasting. In fact, possible targets for miR-486 are PTEN (phosphatase and tensin homolog) and FoxO1A, elements of the PI3/Akt pathway (Small et al., 2010) involved in muscle wasting and apoptosis. The activity of miR-486 results in muscle hypertrophy, since it leads to the activation of mTOR via PTEN inhibiton, and to the reduction of the ubiquitin ligase expression, which sustains atrophy in skeletal muscle tissue. The expression profiles of miR-486 strongly support its role in muscle homeostasis, since it is decreased in denervated muscles and almost absent in Duchenne patients (Eisenberg et al., 2007).

miR-1 and miR-133 modulate skeletal and cardiac muscle growth and differentiation. miR-1 promotes skeletal muscle differentiation by targeting the histone deacetylase 4 (HDAC4), that in turn represses Mef2C, an essential muscle transcription factor. On the contrary, miR-133 stimulates myoblast proliferation by targeting SRF (Chen et al., 2006), while miR-206 promotes myoblast differentiation targeting the mRNA of PolA1 (Kim et al., 2006), a DNA polymerase subunit. MyoD and myogenin can regulate miR-206 expression by binding specific elements in the enhancer region upstream miR-206 gene. Overexpression of miR-27b causes premature differentiation of muscle satellite cells: once myoblasts exit the cell cycle, miR-27 indeed targets the 3'UTR of Pax3 (Crist et al., 2009).

The fine-tuned expression of miR-499 and miR-208b plays a role in the control of skeletal muscle performance. In response to calcium signaling, miR-208b and miR-499 indeed reinforce slow fiber conversion by inducing the expression of β-MHC and Myh7b (Van Rooij et al., 2009). They were considered initially as MyomiRs since they are encoded by introns of their host myosin genes Myh7 and Myh7b. These two intronic miRNAs target the transcriptional repressors of slow myofiber genes, including Sox6, Purβ, Sp3, and HP-1β, (Van Rooij et al., 2009). Recently, we have also identified a microRNA family, called miR-669, involved in the muscle lineage switch (Crippa et al., 2011) and used them as therapeutic molecules for long term treatments (Quattrocelli et al., 2013) in an animal model of limb girdle muscular dystrophy type 2E. Up to now, crucial information concerning the effects of miR669 in human setting for cardiac and skeletal muscle differentiation are still missing.

In summary, the possibility to increase the pool of myogenic stem cells, induce hypertrophy or reduce atrophic cell signaling by the perturbation of miRNA expression profiles offers a new opportunity to re-establish the skeletal muscle homeostasis lost in the wide range of muscolo-skeletal disorders (Figure 3).

CONCLUDING REMARKS

In conclusion, stem cell research will ride the third millennium as highlighted by the Nobel Prize in Physiology or Medicine 2012 jointly conferred to John Gurdon and Shinya Yamanaka for their discoveries on cell reprogramming which paved the way for new therapeutic horizons. We accumulated evidences that stem cell therapy with donor adult cells has produced dramatic amelioration in dystrophic mice and dogs. However, their finite lifespan and replication capacity, limit their therapeutic potential. Several types or subtypes of resident stem cells have been isolated and characterized from adult skeletal muscles. Further translational studies are still necessary to get molecular insights on how to improve the myogenic potential of each cell type. Moreover, it will be relevant to reveal the molecular and epigenetic signatures of myogenic progenitors to identify all molecules involved in the crosstalk among the different pools. In addition, several articles have documented a subset of miRNAs that regulate myogenic cell proliferation, differentiation, and contractility. The possibility to improve myogenic commitment of stem cells by targeting the expression of specific miRNAs is now implicated in several preclinical studies (Crippa et al., 2012). New insights into additional mechanism of post-transcriptional regulation mediated by lncRNAs are desirable since they have an impact on the distribution of miRNA molecules on their targets (Twayana et al., 2013). In the following years miRNA technologies combined to stem cell treatments will test novel therapeutic strategies for skeletal muscle disorders.

Muscle progenitors may be generated from patient iPS cells, genetically modified, systemically injected, then recruited to and integrated in the areas of damage. This would circumvent problems related to allogeneic transplantation and difficulty in obtaining autologous stem cells. The novel reprogramming methods (Obokata et al., 2014) do not require nuclear transfer or genetic manipulation and thus they are more suitable for translational studies with clinical implications. It is interesting that such a great potential has not been explored yet in cachexia and sarcopenia, where it could be employed avoiding genetic manipulation. However, the enormous research impetus on regenerative medicine and stem cell-based therapy could strongly influence the future scientific directions. Emerging literature supports the hypothesis that downregulating myonuclear apoptosis might preserve muscle mass and function in the elderly. In principle, employing pharmacological or genetic interventions to target muscle protein turnover, autophagy and myogenic stem cell function may provide a more thorough protection against muscle aging and atrophy. These multi-therapeutic approaches will face several challenges, including the clear determination of feasible therapeutic windows for each specific intervention, especially if systemic delivery is employed. Nevertheless, pursuing this path is certainly worth in order to relieve the individual and societal burden associated with muscular degeneration.
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Muscular dystrophies (MDs) are a heterogeneous group of inherited disorders, in which progressive muscle wasting and weakness is often associated with exhaustion of muscle regeneration potential. Although physiological properties of skeletal muscle tissue are now well known, no treatments are effective for these diseases. Muscle regeneration was attempted by means transplantation of myogenic cells (from myoblast to embryonic stem cells) and also by interfering with the malignant processes that originate in pathological tissues, such as uncontrolled fibrosis and inflammation. Taking into account the advances in the isolation of new subpopulation of stem cells and in the creation of artificial stem cell niches, we discuss how these emerging technologies offer great promises for therapeutic approaches to muscle diseases and muscle wasting associated with aging.
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INTRODUCTION

Skeletal muscle is a highly complex system formed by thousands of contractile units called muscle fibers. Each muscle fiber is limited by a plasma membrane called sarcolemma and by a basal lamina, that are surrounded by an extra cellular matrix constituted of connective tissue (Buckingham et al., 2003). Muscle remodeling occurs throughout the entire life although at different rate considering the developmental stages. Starting from embryo until childhood, protein synthesis is upregulated and satellite cells (SCs) actively develop new muscle fibers while in adults cellular turnover is strongly reduced (Schiaffino et al., 2007). In response to exogenous stimuli or to biological factors such as age or nutrition, the muscle increases its size, the amount of contractile proteins and consequently force production. The regulation of muscle cell size is a tightly regulated phenomena, and it is a balance between muscle proliferation and degradation of pre-existing proteins. Uncontrolled events, often associated with diseases, lead to hypertrophy or atrophy, respectively (Sandri, 2008). The complex hierarchy of events that triggers muscle remodeling is often unbalanced in muscular diseases. For instance, Duchenne muscular dystrophy (DMD), the most frequent among all the dystrophies, is characterized by a rapid atrophy in youth, muscular wasting and inability to walk in adolescence and premature death for cardiorespiratory failure by the age of 30. As the genetic nature of these pathologies leads to uncontrolled fiber degeneration, different treatments were proven to delay the progression of the diseases. The main goal was to retard the atrophy and replace diseased muscle with new healthy and functional muscle fibers by using myogenic stem cells (Brunelli and Rovere-Querini, 2008). Unfortunately, the use of stem cell in regenerative medicine is limited by the poor engraftment and persistence of transplanted cells and the risk of neoplastic formation (Suuronen et al., 2008; Kuraitis et al., 2012). Due to these findings, other aspects were deeply investigated to increase the survival of injected stem cells into pathological muscle. Modulation of the inflammatory reaction is a key step for stem cell transplantation (Smythe et al., 2000): myeloid cells (Suzuki et al., 1999; Mcnally et al., 2000), macrophages (Wehling et al., 2001; Villalta et al., 2009), neutrophils (Hodgetts et al., 2006) and eosinophils (Cai et al., 2000) actively contribute to development of pathogenesis in several myophaties but only macrophages and sometimes eosinophils play a role in muscle regeneration (Tidball and Villalta, 2010). Pathological conditions modify the microenvironment of stem cells (the so-called niche) preventing the activation of resident stem cells and reducing the success of exogenous cell therapies. Tissue engineering technologies may create a novel in vitro niche allowing the maintenance and propagation of SCs and enhancing their muscular potential.

In this review, we will describe the efforts that are necessary to design a successful therapeutic approach for muscular diseases, relating to find a functional stem cell population, to identify feasible matrix/polymer to engineer stem cells' niche and to modulate secondary—but relevant—effects of impaired muscle regeneration, as fibrosis and inflammation.

MYOGENIC STEM CELLS

EMBRYONIC STEM CELLS (ESCS)

Introduction to ESCs

Embryonic stem cells (ESCs) are pluripotent cells derived from the early embryo that are characterized by the ability to proliferate over prolonged periods of culture remaining undifferentiated and maintaining a stable karyotype (Amit and Itskovitz-Eldor, 2002; Carpenter et al., 2003; Hoffman and Carpenter, 2005). ESCs differentiate into cells forming all 3 embryonic germ layers, and are characterized by self-renewal, immortality, and pluripotency (Strulovici et al., 2007). As ESCs possess the potential to differentiate into all normal tissues, the ability to derive and maintain these cells in culture opened the possibility to have an unlimited supply of differentiated cells to replace pathological tissues (Moon et al., 2006; Skottman et al., 2006).

Markers of ESCs

Cell origins are often defined by one or more cell-surface markers and intracellular epitopes unique to that particular cell type. hESCs are maintained in culture on feeder layers of heterologous cells and then differentiated into specific cell lineages (Takahashi and Yamanaka, 2006; Conrad et al., 2008). Stage-specific embryonic antigen citation(SSEA) markers are used to distinguish early stages of cell development and to denote pluripotency: hESCs express SSEA-3 and -4 during pluripotency and only SSEA-1 upon differentiation (Andrews et al., 1996; Thomson and Marshall, 1998; Thomson et al., 1998; Reubinoff et al., 2001). Nanog is a NK-2-type homeodomain gene encoding for a transcription factor that is critically involved in the self-renewal of stem cells. In 2005, Lin's group demonstrated that the tumor suppressor p53 binds to the promoter of Nanog, stimulating p53 (Lin et al., 2005). Octamer-binding transcription factor 4 (Oct-4) down-regulation is observed in differentiating cells (Rosner et al., 1990). It was suggested that only Oct-4 was necessary for the maintenance of pluripotency, but its expression level governed three cell fates once differentiation occurs. Similarly, Xu et al. published that the catalytic component of telomerase, telomerase reverse transcriptase (hTERT), was expressed in undifferentiated cells and down-regulated upon differentiation (Xu et al., 2001).

Limits of ESCs

Although the attentions that received, scientific and medical issues need to be addressed before hESCs can be considered safe for clinical applications (Leist et al., 2008). The American federal government severely restricted access and use of hESCs in 2001 but they were largely overturned by the Obama administration. Many organizations and countries have already banned reproductive cloning of human beings. As this procedure can be used to generate stem cells for therapeutic purposes, in countries where this type of cloning is legal, such as Australia and the United Kingdom, the created embryos must be destroyed within 14 days. Guidelines in using ESCs were proposed by the International Society of Stem Cell Research citation (http://www.isscr.org/guidelines/index.htm).

Myogenic potential of ESCs

Several lineages (blood, cardiac muscle and endothelial cells) were obtained by in vitro differentiation of ESCs, however for skeletal muscle several drawbacks arose, especially for the difficulty to identify a temporal expression of myogenic regulatory factors (Rohwedel et al., 1994). This way, in 2005 Bhagavati et al. co-cultured ESCs derived from normal mice with a preparation from mouse muscle enriched for myogenic stem and precursor cells. They transplanted ESCs into dystrophic mdx mice but unfortunately newly-formed muscle was occasionally seen (Bhagavati and Xu, 2005). Similarly, Barberi et al. described a stroma-free induction system to derive mesenchymal precursors and skeletal myoblast from hESCs. Following in vitro maturation, these cells were injected into tibialis anterior of immunodeficient scid mice and it was observed a long-term myoblast engraftment and the lack of teratomas (Barberi et al., 2007). As it was suggested that the lack of myogenic differentiation of ESCs was due to the impairment of myogenic signals in the mesoderm (Darabi et al., 2008a), Darabi et al. transiently expressed paired box 3 (Pax3) and paired box 7 (Pax7) during early mesoderm development and obtained several early embryonic skeletal myogenic progenitors (Darabi et al., 2008b, 2011). These cells were also implanted into mdx mice and gave rise to large numbers of skeletal muscle fibers and SCs, so that muscle force was ameliorated (Darabi et al., 2009, 2011). More recently, Sakurai et al. described that the elimination of bone morphogenetic protein 4 (BMP4) from serum-free ESC cultures together with the implementation of lithium chloride (LiCl) allowed the differentiation of these cells to myogenic progenitors cells. hESCs-derived progenitors showed a notable capacity of differentiation into skeletal muscle cells (Sakurai et al., 2009).

INDUCED PLURIPOTENT STEM CELLS (IPSCS)

Generation of iPSCs

Recent advances in the understanding of ESC biology included the identification of several master regulators of ESC pluripotency and differentiation (Takahashi and Yamanaka, 2006). Intensive study of ESC growth conditions has not yet produced a complete picture of the unique transcriptional and epigenetic state that is responsible for pluripotency and self-renewal in ESCs. Yamanaka's group identified four factors (Oct3/4, Klf4, Sox2, and c-myc) whose expression is sufficient to produce cells similar to ESCs, called induced pluripotent stem cells (iPSCs). The same factors were used to reprogram human fibroblasts to an ESC-like pluripotent state.

The new era of iPSCs

Now that embryonic tissue is no longer required to make a pluripotent cell, investigators have the ability to create tissue-based models of human disease based on cells derived from individual patients (Dimos et al., 2008; Park et al., 2008; Ebert et al., 2009; Soldner et al., 2009). Accordingly, iPSCs were efficiently used in murine models of sickle cells anemia and Parkinson's disease. Even if these cells were showed to be suitable for cell therapy, it has to be yet demonstrated the possibility to generate human iPSCs without introduction of DNA into the genome (to avoid oncogenic potential of undifferentiated iPSCs following the unsafe reintroduction of these genes), to ameliorate the efficiency of manipulation of human iPSCs and the capacity to obtain any desired cell types.

iPSCs and human disease

Since the work of Yamanaka was published, reprogramming of cells provided a realistic way not only to obtain lines from patients with incurable pathologies to investigate disease mechanisms and drug screening but to generate sufficient numbers of patient-specific pluripotent stem cells (Egawa et al., 2012). The generation of patient-specific iPSCs has the advantage of avoiding many of the ethical concerns associated with the use of embryonic or foetal material, and have no risk of immune rejection. Many cell types like motor neurons (Dimos et al., 2008), hepatocytes (Song et al., 2009), pancreatic insulin producing cells (Zhang et al., 2006), hematopoietic cells (Hanna et al., 2007), retinal cells (Carr et al., 2009), cardiomyocyte (Zwi et al., 2009) and mesenchymal stem cells (Lian et al., 2010), have been successfully derived from human iPSCs. Nelson et al. reported the use of iPSCs for myocardial repair in animal models of acute myocardial infarction (Nelson et al., 2009) while Ye used iPSCs in different hematological disorders (Ye et al., 2009).

Myogenic potential of iPSCs

As described above, to be used for clinical applications, iPSCs need to be generated in large amount in safety; this way, protocols to isolate and characterize these cells were largely improved. Mizuno et al. identified iPS-derived satellite-like cells by means the expression of the SM/C-2.6 antibody (Mizuno et al., 2010) while Darabi purified PDGFαR+Flk−1− murine iPS cells that expressed the myogenic factor Pax7 (Darabi et al., 2008a, 2011). In fact, the group of Perlingeiro recently isolated large quantity of Pax7+ human iPSCs (and ESCs) that, transplanted into dystrophic mice, engrafted well producing high amount of dystrophin and replenishing the satellite cell compartment (Darabi et al., 2012). Similarly, the expression of MyoD and Myf5 allowed the purification of myogenic iPS cells (Iacovino et al., 2011; Goudenege et al., 2012). Filareto et al. successfully obtained iPSCs from fibroblast of dystrophin/utrophin double knockout mice and engineered them with the micro-dystrophin gene. Injected into dystrophic mice, these cells engrafted well and improved muscle strength (Filareto et al., 2013). In parallel, Tedesco et al. generated mesoangioblast/mesenchymal-like cells from iPSCs of healthy and dystrophic patients: these cells were also modified to express constitutively the MyoD gene. Transplanted into model mice of LGMD-2A, iPSCs cells ameliorated their dystrophic phenotype (Tedesco et al., 2012).

SATELLITE CELLS (SCS)

SCs are small progenitor cells originating from somites that lie between the basement membrane and sarcolemma of individual muscle fibers (Shi and Garry, 2006; Sambasivan and Tajbakhsh, 2007). SCs are normally present in healthy adult mammalian muscle as quiescent cells and are characterized by the expression of Pax7, that is fundamental for their maintenance and self-renewal, and by the absence of Myogenic differentiation 1 (MyoD) and myogenin, that conversely are necessary for myogenic differentiation. Once activated in response to specific stimuli such as oxidative stress, SCs up-regulate the expression of Myf5 to start their proliferation so that they differentiate into new myofibers, driven by specific factors such as MyoD, myogenin and myosin heavy chain (Whalen et al., 1990). Since the work of Montarras and colleagues (Montarras et al., 2005), different techniques for SCs isolation were assessed. Sacco et al. derived SCs from transplantation of one intact myofiber and demonstrated that once transplanted into dystrophic mice, SCs proliferated and contributed to form new muscle fibers (Sacco et al., 2008). Cerletti et al. isolated the skeletal muscle precursors (SMPs): injected into animal models, these SC-like cells restored dystrophin expression and, more importantly, were positioned into the SC niche, where they regulated the subsequent rounds of injury and repair (Cerletti et al., 2008). Similarly, the muscle side-population cells (mSP) isolated by Tanaka et al. engrafted into host SC niche, giving rise both to SCs and myonuclear population (Tanaka et al., 2009).

Autologous transplantation of genetically corrected SCs into patients suffering from muscular diseases could be our ideal approach (Price et al., 2007): unfortunately, it was demonstrated that the growth of SCs in vitro significantly reduced their in vivo myogenic potential, rendering their transplantation an inefficient technique (Tremblay et al., 1993; Mendell et al., 1995; Gussoni et al., 1997). To overcome these problems, several studies investigated the SC niches, as described in detail in section Satellite cells niche.

MUSCLE-DERIVED STEM CELLS (MDSCS)

Besides SCs, muscle-derived stem cells (MDSCs) were isolated within the muscle, with the capacity of self-renewal and mesodermal differentiation. Sarig et al. identified a subpopulation of MyoD+ stem cells that formed muscle fibers but also osteogenic and adipogenic cells (Sarig et al., 2006). Tamaki et al. purified a subpopulation of CD34-CD45- cells that proliferated into myogenic, vasculogenic and neural cell lineages (Tamaki et al., 2007). Sca−1+CD34+ stem cells purified from murine muscle differentiated into myogenic and multimyeloid lineages in vitro and regenerated muscle in vivo (Torrente et al., 2001). Alessandri et al. showed that muscle-derived stem cells positive for desmin and vimentin differentiated in vitro into skeletal muscle fibers and neurons (Alessandri et al., 2004). Notably, Rouger et al. identified early myogenic progenitors that originated from SC niche, the MuStem cells; transplanted into Golden retriever muscular dystrophy (GRMD) dogs, these cells allowed the re-expression of dystrophin (Rouger et al., 2011).

MESENCHYMAL STEM CELLS (MSCS)

Mesenchymal stem cells (MSCs) are clonogenic and adherent cells, isolated from adult and foetal bone marrow and from other tissues and organs (Alhadlaq and Mao, 2004; Le Blanc and Pittenger, 2005; Beyer Nardi and Da Silva Meirelles, 2006): they are able to differentiate into several lineages (Zheng et al., 2007; Nesti et al., 2008). As MSCs were identified into muscle tissue biopsies, it was suggested that skeletal muscle could be an important source of MSCs for therapeutic interventions (Jackson et al., 2010). Transplanted into DMD patients, MSCs fused with host fibers and enhanced the activity of endogenous stem cells through the secretion of trophic factors (Ichim et al., 2010). Interestingly, De Bari et al. described the in vitro myogenic potential of MSCs isolated from adult human synovial membrane (De Bari et al., 2001). Following injection into dystrophic mice, these cells formed new myofibers, re-expressed the dystrophin and contributed to SCs replenishment (De Bari et al., 2003). Gang et al. showed that MSCs from umbilical cord blood differentiated into skeletal muscle, expressing late myogenic markers as MyoD (Gang et al., 2004). Riordan et al. described that hematopoietic precursors present in the bone marrow were protected from inflammatory damage by MSCs (Riordan et al., 2007) while Nemeth et al. demonstrated that MSCs can modulate the activity of macrophages and consequently inhibit inflammatory processes (Nemeth et al., 2009). The capacity of MSCs to modulate inflammation could be an important feature in the perspective of cell therapy in dystrophic patients as inflammation is a prominent component of the disease (as reviewed in detail in section Inflammation and repair mechanisms in skeletal muscle). Following these evidences, MSCs injection were proven to reduce inflammation in animal models for several human diseases, such as autoimmune arthritis and diabetes (Fiorina et al., 2009; Madec et al., 2009), multiple sclerosis (Constantin et al., 2009; Rafei et al., 2009a), lupus (Zhou et al., 2008), rheumatoid arthritis (Song et al., 2010) and autoimmune encephalomyelitis (Rafei et al., 2009b). Although all these encouraging results, several problems need to be solved. First of all, more efforts are needed to elucidate the origin of MSCs; moreover, protocols for isolation of the cells and their expansion in vivo have to be standardized.

MUSCLE-DERIVED CD133+ STEM CELLS

Torrente et al. isolated stem cells from human normal and DMD biopsies expressing the glycoprotein CD133. CD133+ stem cells co-expressed CD34, CD45, and kinase insert domain receptor (KDR) and differentiated into muscle (Torrente et al., 2007). Moreover, Negroni et al. found that muscle-derived CD133+ stem cells co-expressed the satellite cell marker CD56 and eventually formed myosin heavy chain (MyHC)+ multinucleated myotubes (Negroni et al., 2009). As Phase I clinic trial demonstrated that infusion of these cells was safe and feasible (Torrente et al., 2007), muscle-derived dystrophic CD133+ stem cells were engineered to express a shorter but still functional dystrophin. Transplanted into dystrophic mice, CD133+ stem cells allowed the expression of dystrophin and the formation of new myofibers, improving murine muscular force. Interestingly, some of injected CD133+ stem cells were identified beneath the basal lamina, in SC-like position, thus expressing M-Cadherin (Benchaouir et al., 2007).

MESOANGIOBLASTS

Physically associated with the embryonic dorsal aorta in avian and mammalian species, mesoangioblasts are multipotent progenitors of mesodermal tissues, expressing α-smooth muscle actin (SMA) and retaining myogenic capacity (Tagliafico et al., 2004). Cossu et al. engineered these cells with human microdystrophin and demonstrated that they improved muscle function after injection into GRMDs (Sampaolesi et al., 2006; Cossu and Sampaolesi, 2007). In order to ameliorate their ability of migration, mesoangioblasts were exposed to Stromal cell-derived factor (SDF)-1 and tumor necrosis factor (TNF)-α so that, following transplantation into α-sarcoglycan KO mice, the large majority of α-sarcoglycan-expressing myofibers was reconstituted (Galvez et al., 2006). Similarly, Tedesco et al. transduced mdx-derived mesoangioblasts with a vector carrying the entire human dystrophin genetic locus. Injected into scid/mdx mice, these cells formed several muscle fibers expressing dystrophin and replenished the SC compartments (Tedesco et al., 2011). More recently, Cossu's group obtained mesoangioblasts from iPSCs of LGMD-2D patients that rescued the expression of α-sarcoglycans in dystrophic mice (Tedesco et al., 2012). According to these evidences, mesoangioblasts seemed to be feasible to treat MDs and they are currently being utilized in a phase I/II clinical trial (EudraCT no. 2011-000176-33).

ARTIFICIAL STEM CELL NICHE

SATELLITE CELLS NICHE

SCs behavior is influenced by factors that are secreted by myofibers. SDF-1 can bind to receptor CXCR4 on the surface of SC activating a migratory response (Sherwood et al., 2004; Ratajczak et al., 2006) while M-cadherin enhance the adhesion of SC to myofibers allowing their fusion (Irintchev et al., 1994). Interestingly, SCs can regulate their own quiescence and self-renewal according to the expression of ligands for the Notch receptor family (Conboy and Rando, 2002; Conboy et al., 2003; Kuang et al., 2007). Like other stem cells, SCs can proliferate in a asymmetric manner, giving rise to one stem cell and one differentiated cell; and in a symmetric manner, originating two daughter cells retaining full stem cell potential (Morrison and Kimble, 2006). Asymmetric self-renewal is preferred in quiescient conditions while the other is typical in case of injury or disease. Each tissue-specific stem cell is located inside anatomically-defined microenvironment, called niche, surrounded by extracellular matrix (ECM) composed of a network of fibrillar proteins, growth factors, chemokines, cytokines and proteins that are present on the surface of neighboring cells. According to the interactions with these components, the cell choose self-renewal or a pathway of differentiation, following specific stimuli (Lutolf and Hubbell, 2005; Cosgrove et al., 2009). SCs reside in the niches that are positioned in a compartment between the myofiber plasma membrane and the basal lamina that surrounds the myofiber so that in the apical part of the niche they receive the signals from the myofibers while on their basal surface they are influenced by basal lamina signals (Collins et al., 2005; Kuang et al., 2008). SCs express several molecules to interact with the basal lamina and all its components (collagen, laminin, fibronectin) (Burkin and Kaufman, 1999). Conversely, the proteoglycan components of the basal lamina bind growth factors secreted by SCs such as basic Fibroblast Growth Factors (bFGF), and Insulin-like growth factor 1 (IGF-1) that regulate SC survival and proliferation (Golding et al., 2007; Le Grand et al., 2009). Other factors derived from cells that are not proximal to the niches or from the systemic circulation can influence SCs, such as myostatin, and wingless-type MMTV integration site family, member 3a (Wnt3a) (Mccroskery et al., 2003; Brack and Rando, 2007). These extrinsic factors play a fundamental role in aging, when the regenerative capacity of skeletal muscle declines (Grounds, 1987): for example, increased levels of circulating Wnt3a allowed the activation of β-catenin pathway in SCs, so that muscle regeneration is reduced and fibrosis is enhanced (Brack et al., 2008). The incredible complexity of niche regulation is the reason why, after removal from their in vivo localization, SCs—and other adult stem cells—rapidly lost their myogenic ability (Dykstra et al., 2006) so that they cannot be used in clinical trials (Farini et al., 2009). As Kuang and collaborators suggested, the balance among the signals deriving from the various components of the niche is necessary to maintain the myogenic potential of the SCs (Kuang et al., 2008).

Recent studies have focused on imitate the regulatory machinery of the in vivo SC niche, as a powerful tool to control stem cell function. Three dimensional (3-D) matrices are the model system that mimics the in vivo microenvironment, allowing the investigation of these physiologic events (Cukierman et al., 2001; Abbott, 2003). They can derive from cells or tissues while others can be composed of ECM proteins. Natural ECMs can be formed by various protein fibrils and fibers interwoven within a hydrated network of glycosaminoglycan chains, providing a structural scaffold. Fibrils, pores, elastin and collagen can be present and alter the biophysical properties of ECMs. Moreover, artificial synthetic materials were produced with similar structure. Polyethylene glycol (PEG)-based hydrogels were used for the maintenance of SCs in vitro (Lutolf and Hubbell, 2005) while, recently, Kloxin and colleagues developed PEG hydrogels that controlled matrix stiffness without toxicity to cells (Kloxin et al., 2009). As these matrices were able to alter biophysical properties in a non-invasive manner, they were used to investigate the progression of biophysical changes associated with muscle fibrosis or disease (Engler et al., 2004). Moreover, Lutolf et al. demonstrated that PEG hydrogels were suitable for single-stem cell clonal assays and resistant to non-specific cell adhesion mediated by protein adsorption (Lutolf et al., 2009a). However, further studies are necessary to define exactly all the components that constitute the microenvironment of the SCs and the molecular steps that regulate the transition between SCs quiescence and proliferation.

TEM CELL FATE IN VITRO

In vitro stem-cell colture is carried out on flat coated with different substrates like collagen or laminin, on feeder-cell layers and within hydrogels synthetized from ECM components (for example collagen or Matrigel). Most frequently culture of stem cells was performed on rigid polystyrene tissue-culture plastic exposing cells to soluble factors in liquid media (Lutolf et al., 2009b).

These culture conditions are far from resemble the in vivo condition, where cells live in close proximity to each other and in contact with the ECM. Recently, 3D niche are still being explored and should be considered. Blau's group are studying the two-dimensional (2D) biomaterial culture systems deconstructing the niche and identifying and assessing the effects of individual niche components on stem-cell fate (Lutolf et al., 2009b). Normally, the effects of cell–cell interactions are studied by co-culturing; this strategy makes it difficult to discriminate the role of particular molecules.

In vivo, secreted growth factors and cytokines are mostly tethered to ECM components like proteoglycans. At the same time, receptor ligands are presented to stem cells surface and to nearby support cells. In both cases, molecule immobilization probably has the critical role of increasing protein stability, promoting persistent signaling and inducing receptor clustering (Irvine et al., 2002). A covalent binding of fibroblast growth factor 2 (FGF2) to a synthetic polymer stabilized the growth factor and increased its potency 100-fold relative to FGF2 in solution. Similarly, the epidermal growth factor (EGF) covalently tethered to a biomaterial scaffold, was shown to be more effective than its soluble counterpart in inducing mesenchymal stem cells differentiation and preventing Fas-ligand-induced death (Fan et al., 2007). Natural and synthetic matrices can be used to create cell-culture substrates with known elastic modulus providing diffusion of soluble molecules to the basal surface and the apical one, and can be used to test the relevance of homeostatic and disease related matrix stiffness to stem-cell behavior. Soluble factors in culture media used in combination with the tissue-culture matrix affect cell fate. Human MSCs expressed genes consistent with differentiation into distinct tissue-specific cell types when exposed to polyacrylamide gels with a range of stiffness typical of brain, muscle and bone (Engler et al., 2006). The effects of the physical properties of culture substrate on stem-cell fate are fully appreciated, culture platforms based on soft biomaterials are likely to replace, rigid, tissue-culture plastic. Within the niche, cells dialog with the surrounding ECM during development and in adulthood (Folkman and Moscona, 1978). Although some of these effects are probably due to alterations in the adhesive interactions and crosstalk between the ECM and the cell as they work to define each other, there is ample evidence suggesting that physical control of cell shape alone can act as a potent regulator of cell signaling and fate determination (Wozniak and Chen, 2009).

STEM CELL FATE IN VIVO

Biomaterials technologies offer great opportunities to control the stem cell fate in vivo, especially in case of tissue damage. Two main modes of application have been proposed: one in which biomaterials are used as carriers for introducing stem cells into damaged, diseased or aged tissue, and one in which biomaterials are used to augment endogenous stem-cell function (Lutolf et al., 2009b). In regenerative medicine, stem cell transplantation has some limitations: survival and engraftment of transplanted stem cells and the disrupted biological environment characterized by abundant cell and tissue necrosis. Biomaterials have to be designed to act as carriers for local delivery of stem cells, supporting cells or molecular niche cues. Biomaterials may improve the effect of stem cell transplantation; they may be used as multifunctional stem-cell microenvironments. They have to increase the delivering and enhancing the viability of the cells, to function as support in order to increase the numbers of the cells and stimulate the function of endogenous stem cells. Moreover, biomaterials can deliver diffusible cytokines in order to promote the mobilization of endogenous cells involved in repair, to enhance survival and to stimulate self-renewal and expansion of the transplanted cells. Materials would enhance tissue regeneration, tissue function and overcome the adverse effects of disease or ageing (Conboy et al., 2005; Adams et al., 2007). Therefore, they could permit local and specific delivery of bioactive niche components able to inhibit and stimulate molecules and drugs that have to increase the number and the functions of transplanted stem cells. In order to obtain these benefits in vivo, materials have to be achieved by forming a scaffold that deliver biomolecules near the stem-cell niche or by targeted delivery of soluble microparticles or as carriers of such bioactive niche components (Adams et al., 2007). Recently, Rothenfluh et al. isolated polymer nanoparticles, sufficiently small to enter the matrix of the targeted tissues; then, they modified them with a biomolecular ligand for matrix binding. This way, the modified the matrix into a source of nanoparticles (Gu et al., 2008; Rothenfluh et al., 2008). Similarly, Gu and co-workers modified existing nanoparticles so that they were used for differential delivery and controlled release of drugs (Gu et al., 2008). Biomaterials aim is not only to create materials to control spatially and temporally the components of the niche but also to study microenvironmental regulation of stem cell proliferation and fate (Conboy et al., 2005). Artificial niches could incorporate appropriate “homing” signals that would attract endogenous stem cells and localize them by means of known cell—cell or cell—matrix adhesive interactions. Biomaterial research is focused on create artificial niche where cells could to be exposed to tethered signals that control stem-cell function and expansion by self-renewal division.

MUSCLE PATHOPHYSIOLOGY

MUSCLE FIBROSIS

Following injury, a cascade of events starts to repair damaged tissues. First of all, inflammatory cells phagocyte the cell debris and secrete growth factors and cytokines that allow the proliferation of other cell types in the site of injury, as described in details below (see section Inflammation and repair mechanisms in skeletal muscle). Then, SCs start to proliferate and differentiate, a process which ultimately ends with the formation of new muscle fibers. Unfortunately, in muscular pathologies, the deficiency of structural proteins leads to continuous cycles of myofiber degeneration and regeneration, so that the damaged muscle fibers cannot be replaced by new fibers, causing myofiber degeneration, inflammation and fibrosis (Grounds et al., 2005; Serrano and Munoz-Canoves, 2010). In particular, the inflammatory cells eliminate the basement membranes of necrotic fibers that cannot be used to build the new fibers: this condition leads to abnormal muscle fiber arrangement in dystrophic muscles. Due to the chronic persistence of inflammatory cells, dystrophic muscles are characterized by higher concentration of growth factors and cytokines, that induce the massive proliferation and activation of fibroblasts. Their activity causes the accumulation of fibrotic elements that are responsible for uncontrolled events such as remodeling of the basal lamina and formation of collagenous tissues (Serrano and Munoz-Canoves, 2010). Normally, the events of muscle regeneration are tightly controlled by the interplay among different molecules. Insulin-like growth factor (IGF) is a key element in controlling tissue activity: it binds to cell surface receptors and to IGF-binding proteins, exerting a fundamental role in modulating myofibroblast and SCs proliferation. The matrix metallo-proteases (MMPs) have the function to degrade the ECM and to recruit inflammatory and myogenic cells in the site of injury while Sca-1 inhibits myoblast proliferation, preserving the progenitor cells (Serrano and Munoz-Canoves, 2010). Transforming growth factor (TGF)-β is highly expressed in regenerating muscle and it is a key regulator of fibrosis' development (Zhou et al., 2006); often, it functions in synergy with connective tissue growth factor (CTGF), inducing fibrosis and promoting dedifferentiation of myoblasts (Vial et al., 2008). CTGF binds to IGF-binding proteins and it is associated with fibrotic remodeling.

In the case of MDs, especially in DMD, membranes lacking the members of the dystroglycan complex are vulnerable to mechanical and oxidative stress. Due to myofiber breakdown, myofibroblasts remained activated: these phenomena are associated with altered production of ECM components and the accumulation of these molecules that lead to muscle cell necrosis and fibrosis (Klingler et al., 2012). Fibrosis development was considered a progressive and irreversible pathologic phenomenon, but recent advances in knowledge of its development steps render this pathological feature amenable for clinical treatments. A better understanding of the factors that participate in fibrosis may help identify pharmacological targets capable of attenuating the progression of untreatable muscular diseases.

MUSCULAR HYPERTROPHY AND ATROPHY: TWO OPPOSITES OF THE SAME PHENOMENON

Skeletal muscle is the most abundant tissue in mammals and muscle remodeling occurs throughout the entire life. A fine regulated pathway determines the balance between new protein accumulation and degradation of pre-existing ones (Sandri, 2008). Different stimuli, originated by functional overload or aging, can modulate this pathway causing a shift in this balance toward one side. Besides of physiological conditions, this pathway is influenced by lots of inherited and acquired disorders such as MDs, cancer cachexia and commons drugs as glucocorticoids (Cassano et al., 2009). Among signals that can produce hypertrophy, IGF1 pathway is one of the best characterized. IGF-1Ec is expressed in response to mechanical stimuli and cellular damage and promotes both proliferation and differentiation of satellite cells, while in adult myofibers it increases DNA content per myofiber and can influence myosin phenotype (Bamman et al., 2001). The binding of IGF-1 to its receptor IGF1R, triggers the activation of several kinases including phosphatidylinositol-3-kinase (PI3K), the consequent production of PIP3 recruits protein kinase B (AKT). AKT plays a central role in muscle remodeling: it acts by either activating positive signal (mTor) or blocking negative pathway (Myostatin, apoptotic cascade, GSK3β). A trophy results from degradation of both myofiber number and protein contents, through calpain system, lysosomal and the ubiquitin-proteasoma pathways (Voisin et al., 1996; Lecker et al., 1999). Two genes were found up-regulated in atrophy models: muscle-specific ubiquitin ligase atrogin-1 (MAFbx) and muscle RING-finger protein-1 (MURF1); further studies showed that they were ubiquitin-ligase expressed only in skeletal and cardiac muscle (Bodine et al., 2001). Another important factor is nuclear factor kappa-light-chain-enhancer of activated B cells (NF-kB) which is involved in inflammatory pathway leading to TNF-α and INF-γ expression and it can induce the degradation of MyoD. Moreover, knock out of myostatin, a member of the TGF-β family, can lead to an enormous enlargement of skeletal muscle mass (Mcpherron et al., 1997). Myostatin is in fact the most important negative regulatory element of fiber synthesis and it is strictly regulated during myogenesis thanks to the presence of E-boxes, MEF2 and GRE binding sites (Spiller et al., 2002). In particular, myostatin is synthesized as a precursor, that is processed by furin proteases to generate a dimer composed by an N-terminal pro-peptide, bound to biologically active C-terminal fragment. When the pro-peptide is cleaved, myostatin is activated and interact with several proteins, such as follistatin. Interestingly, mice without the expression of this protein have a reduced body mass (Matzuk et al., 1995) while follistatin forced expression leads to muscular hyper-growth (Nakatani et al., 2008). To test whether lack of myostatin could ameliorate the symptoms of muscular diseases, Whittemore et al. demonstrated that in wild type mice the blocking of the protein increased muscle mass (Whittemore et al., 2003) while Bogdanovich et al. showed that this condition in mdx mice improved myofibers size and muscular force (Bogdanovich et al., 2002). According to these studies, Wagner et al. described a phase I/II clinical trial of MYO-029 (a neutralizing antibody to myostatin) in dystrophic patients. This trial did not demonstrate any improvement in muscle strength, but no side effects were assessed, except for hypersensitivity skin reactions. This trial was originally designed to test safety so that a bigger cohort of patient or different choice of samples are required to detect arrest of disease progression or minimal improvements in strength. Furthermore, results could be explained by the fact that the patients were selected at late stage of the disease when the regenerative response is exhausted and the myostatin substrate was eliminated (Wagner et al., 2008). Similar studies were conducted also with animal models of other muscular diseases but opposite results were obtained (Li et al., 2005; Ohsawa et al., 2006). Further works demonstrated that myostatin not only downregulates the expression of several myogenic genes (Amthor et al., 2002; Mcfarlane et al., 2008) but efficiently inhibits the proliferation of muscle progenitor cells (Thomas et al., 2000). The complexity of mechanism involving muscle growth and regeneration is further increased by the discovery of microRNA. Recently, skeletal muscle specific microRNAs able to interact with master regulatory genes in muscle development were found (O'rourke et al., 2007). As an example, miRNA206 can influence satellite cells behavior by modulating Pax3 and MET transforming gene (cMet) (Clop et al., 2006; Mccarthy et al., 2007).

INFLAMMATION AND REPAIR MECHANISMS IN SKELETAL MUSCLE

Injuries affecting skeletal muscle determine the activation of the immune system and activate a cascade of events that are required to clean cellular debris and to allow the replacement of lost fibers with new ones. Furthermore, immune cells promote regeneration through the release of growth factors (Brunelli and Rovere-Querini, 2008). After acute muscular damage neutrophils rapidly appear, followed by phagocytic macrophages which continue to increase in numbers until about 2 days post-injury. A second population of macrophages develops at about 4 days post-injury and it is characterized by a non-phagocytic phenotype (Tidball and Villalta, 2010). In parallel, myogenic precursors start to proliferate and differentiate by recapitulating developmental steps. Firstly, response to injury is mediated by Th1 cytokines (INFγ and TNFα) which trigger the activation of classic M1 pro-inflammatory macrophages (Gordon and Taylor, 2005). At a second stage, a population of M2 anti-inflammatory macrophages is predominant thanks to Th2 cytokines stimulation, such as interleukin (IL)−4, −10, −13. This phenotype-switch is required to stop inflammation and to permit the differentiation and fusion of satellite cells. This process is strictly regulated and several signals are known to be involved (Fadok et al., 2001; Arnold et al., 2007) but further studies are needed to better understand each phase. In MDs, skeletal muscles are subjected to chronic injuries that maintain a continue activation of the immune system. In fact, inflammatory infiltrates consisting of both macrophages and lymphocytes are present and elevated serum cytokines levels are detectable. Furthermore, a partial adaptive response to treatment with corticosteroid supports a role for the immune system in exacerbating muscular wasting (Backman and Henriksson, 1995). Progressive MDs like DMD are characterized by an initial phase that recapitulates the event observed in acute injury and repair. A second phase is dominated by chronic inflammation which triggers fibrosis deposition and atrophy. In fact in adult mdx mice a transition from M2a macrophages to M2c macrophages occurs in an attempt to control M1 cytolitic macrophages and to promote muscle regeneration through the release of IL-10 and IL-4 (Gordon, 2003; Horsley et al., 2003). M2 macrophages may also partecipate in activation of cytotoxic T-cells (which promote muscle damage through perforin-mediate process) and promote muscle fibrosis through arginase metabolism of arginine (Villalta et al., 2009; Tidball and Villalta, 2010).

The importance of modulating immune system cells was proven in different animal model of MDs, for example depletion of macrophages from mdx mice resulted in reduced muscle membrane lysis (Petrof et al., 1993). Furthermore, non-steroidal anti-inflammatory drug (NSAID) treatment was effective both in ameliorating muscle morphology and reducing macrophage infiltration (Serra et al., 2012) and anti-oxidant drugs (N-acetylcysteine) in mdx mice reduced necrosis by regulating TNF-α level (De Senzi Moraes Pinto et al., 2013). Recently an important role for acquired immunity in DMD pathogenesis has been pointed out by (Mendell et al., 1995; Hemmati et al., 2003; Flanigan et al., 2013) opening new perspectives in treatment of MDs.

CONCLUSIONS

Skeletal muscle emerged as a promising tissue source for stem and progenitor cells that can be used in a variety of therapeutic applications. Skeletal muscle constitutes around one third of body weight in a healthy subjects (Gates et al., 2008). Muscle has an high capacity to repair itself after injury; this characteristic suggests that it serves as a reservoir for cells that participate in tissue regeneration processes (Usas and Huard, 2007). Several works described the ability of different muscle-derived stem cell populations to differentiate into multiple cell types, including osteoblasts, adipocytes, chondrocytes, myoblasts and endothelial cells. In addition, these cells showed regenerative, anti-inflammatory and anti-apoptotic properties. Each of these cell types is characterized primarily on the basis of their in vitro characteristics after they have been isolated from the body. In vivo they exhibited the capacity to migrate through different tissues where they are exposed to different extracellular and environmental signals. While rudimentary models were developed to describe the in vivo relationship among these stem cell populations, substantial additional studies are needed to refine and verify these relationships.

New approaches using organisms genetically modified and transgenic mouse models proposed the importance of the microenvironment—like the niche and the extrinsic factors—to be a key component in stem cell regulation. Particularly, significant progress has been made in understanding how satellite cells can act as tissue-specific adult stem cells in skeletal muscle. In the same time, many studies investigated the satellite cell properties in term of efficacy after in vivo transplantation using novel approaches such as non-invasive bioluminescence imaging. These tools provided information for assessing not only satellite cell function but, in general, stem cell function. Investigations on the molecular nature of stem cell niche signals on in vivo models and short-term cultures of isolated myofibers, are now on-going. Bioengineering offers significant tools for the development of strategies to mimic biochemical and biophysical features of the in vivo niche microenvironment (Lutolf et al., 2009b). We hope that the synthesis of biomaterials, micro-fabrication technology and stem cell biology will provide systems potentially innovative to better understand how stem cell fate is controlled. The analysis of the niche and the dynamic responses of stem cells to well-defined artificial microenvironments, might give us the possibility to understand the role of specific niche components and niche architecture in regulating fundamental cellular mechanisms such as cellular division, self-renewal, and differentiation in vitro and in vivo. Development of biomaterials able to re-create an in vitro SCs niche could give rise to novel insights into understanding the molecular cues, critical for the in vitro maintenance and expansion of muscle stem cells. Above all, these in vitro systems can well lead to the generation of adequate numbers of stem cells and the ability to control their differentiation in order to maximize their utility, not only as cell-based therapeutics for tissue regeneration and replacement, but also as the control of inflammation after muscle damage (Cosgrove et al., 2009). In conclusion, all these considerations will be important not only to better characterize satellite cell biology and therapeutic approaches to treat muscle diseases and aging-related muscle wasting, but also to give necessary information for the study of adult tissue-specific stem cells.
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Mesenchymal stem cells (MSCs) are multipotent, tissue-resident cells that can facilitate tissue regeneration and thus, show great promise as potential therapeutic agents. Functional MSCs have been isolated and characterized from a wide array of adult tissues and are universally identified by the shared expression of a core panel of MSCs markers. One of these markers is the multifunctional cell surface peptidase CD13 that has been shown to be expressed on human and murine MSCs from many tissues. To investigate whether this universal expression indicates a functional role for CD13 in MSC biology we isolated, expanded and characterized MSCs from bone marrow of wild type (WT) and CD13KO mice. Characterization of these cells demonstrated that both WT and CD13KO MSCs expressed the full complement of MSC markers (CD29, CD44, CD49e, CD105, Sca1), showed comparable proliferation rates and were capable of differentiating toward the adipogenic and osteogenic lineages. However, MSCs lacking CD13 were unable to differentiate into vascular cells, consistent with our previous characterization of CD13 as an angiogenic regulator. Compared to WT MSCs, adhesion and migration on various extracellular matrices of CD13KO MSCs were significantly impaired, which correlated with decreased phospho-FAK levels and cytoskeletal alterations. Crosslinking human MSCs with activating CD13 antibodies increased cell adhesion to endothelial monolayers and induced FAK activation in a time dependent manner. In agreement with these in vitro data, intramuscular injection of CD13KO MSCs in a model of severe ischemic limb injury resulted in significantly poorer perfusion, decreased ambulation, increased necrosis and impaired vascularization compared to those receiving WT MSCs. This study suggests that CD13 regulates FAK activation to promote MSC adhesion and migration, thus, contributing to MSC-mediated tissue repair. CD13 may present a viable target to enhance the efficacy of mesenchymal stem cell therapies.
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INTRODUCTION

Stem cells have the amazing capacity to contribute to the growth and healing of many different types of tissues and hold tremendous promise as therapeutic tools in many diseases. However, the realization of optimal stem cell therapy is critically dependent on the successful retention of implanted cells at the site of injury and their effective incorporation into the damaged tissue. Mesenchymal stem cells (MSC) are a potential source of stem cells that have been shown to be effective in a range of cellular therapies in tissue engineering and regenerative medicine, but the biologic mechanisms underlying their function are just being elucidated. This knowledge is clearly essential to improving and optimizing stem cell therapies going forward.

While no single cell surface marker unequivocally identifies MSCs from all tissues, consensus in the field has proposed three minimal criteria to distinguish MSCs from other hematopoietic stem cells (Dominici et al., 2006). Characteristic MSCs (1) adhere to plastic, (2) express a characteristic pattern of cell surface molecules, and (3) can be differentiated into chondroblasts, adipocytes and osteoblasts in vitro. Additional cell surface markers have been identified as being expressed on MSCs, but as they are also expressed on other cells are not always included in the profile. CD13 is a member of this latter group and has been shown to be expressed on embryonic and adult stem cells isolated from numerous sources (Aust et al., 2004; Covas et al., 2005; Fan et al., 2005; Musina et al., 2005; Trubiani et al., 2005; Seeberger et al., 2006). However, potential functional roles for CD13 in these cells have not been investigated.

CD13 is a type II zinc-dependent metallopeptidase (also known as aminopeptidase N) that is found on the surface of all myeloid cells in addition to pericytes, activated endothelial cells, and subsets of organ-specific epithelial cells (Funk et al., 1994; Jamur et al., 2005; Mina-Osorio, 2008; Armulik et al., 2011). It is a multifunctional protein with both enzyme-dependent and independent functions that contribute to adhesion, cell migration, angiogenesis, inflammatory trafficking, adhesion, antigen presentation, and endocytosis (Shipp and Look, 1993; Bhagwat et al., 2003; Luan and Xu, 2007; Petrovic et al., 2007; Winnicka et al., 2010; Ghosh et al., 2012; Pereira et al., 2013; Rahman et al., 2013; Subramani et al., 2013).

In this study, we phenotypically and functionally characterized bone marrow-derived MSC from wild type and CD13KO mice. Isolated cells of both genotypes expressed normal profiles of characteristic stem cell markers and were capable of differentiation into the adipogenic and osteogenic lineages. However, functional analysis showed that CD13 is important for optimal MSC adhesion, migration and vascular network formation. In addition, FAK phosphorylation is diminished and cytoskeletal architecture is disrupted in CD13KO MSCs. Finally, CD13KO MSC were impaired in their ability to mediate the recovery of perfusion in a murine model of hind limb ischemia in vivo.

MATERIALS AND METHODS

ANIMALS

Global CD13KO mice were generated at the Gene Targeting and Transgenic Facility at the University of Connecticut Health Center (Winnicka et al., 2010) and back-crossed for 10 generations to the FVB strain (The Jackson Laboratory, Bar Harbor, ME). All animals were housed under specific pathogen-free conditions with 12 h light/dark cycle and controlled temperature at the University of Connecticut Health Center animal facilities in accordance with Institutional and Office of Laboratory Animal Welfare guidelines. 7–8 weeks old mice were used for all experiments.

BONE MARROW DERIVED MESENCHYMAL STEM CELLS ISOLATION AND CULTURE

MSC were isolated and cultured as previously described (Peister et al., 2004). Briefly, the femurs and tibiae were removed, cleaned, and flushed the marrow cells from 6 to 8 weeks old WT and CD13KO mice. Total mononuclear cells were cultured in DMEM, with 15% FBS on plastic dishes at 37°C in 5% humidified CO2. After 24 h., non-adherent cells were washed off and adherent cells were expanded. When adherent cells were confluent (defined as passage 0), they were continuously cultured as MSCs until passage 3. All primary cell experiments used cells at passage 4–7 to avoid both hematopoietic cells contamination and long-term culture effects.

HUMAN BONE MARROW MESENCHYMAL STEM CELL CULTURE

Human MSCs were purchased from Thermo Scientific (#SV30110.02) and cultured with mesenchymal stem cell medium (MSCM) from ScienCell (#7501) that is a complete medium designed for optimal growth of normal human MSCs in vitro.

REVERSE TRANSCRIPTION PCR ANALYSIS

The total cellular RNA was isolated from the wild type MSCs (WT-MSCs) and CD13KO MSCs (KO-MSCs). PCR amplification was performed using Invitrogen Superscript III Reverse Transcriptase and other reagents according to manufacturer's instructions (Invitrogen Corporation, Carlsbad, CA). For PCR, we used primers for Sca1, CD29, CD44, CD49e, and CD105. All of the primer sequences were determined using established GenBank sequences. Duplicate PCR reactions were amplified using primers designed GAPDH as a control for analysis by agarose gel electrophoresis.

FLOW CYTOMETRIC ASSESSMENT OF CELLULAR INFILTRATION

Flow cytometric analysis was used to characterize the phenotypes of the MSCs. Cells were lifted with trypsin/EDTA and counted. About 1 × 105 cells (in 100 μl PBS/0.5% bovine serum albumin/2 mmol/l EDTA) were incubated with fluorescence-labeled monoclonal antibodies against mouse CD29, CD49e, CD34, CD45, CD11b at 4°C for 30 min. All antibodies were purchased from Biolegend. Flow cytometry was performed on LSRII (Becton Dickinson) and the data analyzed with FlowJo software (Tree Star).

ADIPOGENIC AND OSTEOGENIC DIFFERENTIATION

Passage 4 MSCs were incubated to differentiate into adipocytes and osteoblasts in corresponding induction medium for 3 weeks (Peister et al., 2004). For adipogenesis, the cultures were incubated in DMEM that was supplemented with 15%FBS, 100 U/mL penicillin, 100 μg/ml streptomycin, 12 mM L-glutamine, 5 μg/ml insulin (Sigma), 50 μM indomethacin (Sigma), 1 × 10−6 M dexamethasone, and 0.5 μM 3-isobutyl-1-methylxanthine (IBMX; Sigma). The medium was changed 2 times per week for 3 weeks. The cells were fixed with 10% formalin for 20 min at RT and stained with 0.5% Oil Red O (Sigma) in methanol (Sigma) for 20 min at RT. For osteogenesis, the cultures were then incubated in DMEM that was supplemented with 15% FBS, 100 U/mL penicillin, 100 μg/ml streptomycin, 12 mM L-glutamine, 20 mM β-glycerol phosphate (Sigma, St Louis, MO), 50 ng/ml thyroxine (Sigma), 1 nM dexamethasone (Sigma), and 0.5 μM ascorbate 2-phosphate (Sigma). The media was changed 2 times per week for 3 weeks. The cells were fixed with 10% formalin for 20 min at RT and stained with Alizarin Red, pH 4.1 (Sigma) for 20 min at RT.

ADHESION ASSAYS

Wells of a 96-well plate (Reacti-bind™, Pierce Biotechnology) were coated with fibronectin (10 μg/ml), Matrigel (1:100 dilution), or 1% gelatin overnight at 4°C, washed, blocked with 100 μl 1% boiled BSA for 1 h at room temperature. Cells (1 × 104 /well/150 μl) were plated for 60 min at 37°C, washed three times, and stained with 0.5% crystal violet for 30 min. Plates were washed six times with PBS, solubilized with 100 μl 1% SDS solution and adhesion was quantified with a spectrophotometer at 595 nm (Mina-Osorio et al., 2008; Kim et al., 2012).

MTT PROLIFERATION ASSAY OF MSCS

Cells were plated at a density of 6000 cells/ well/ 200 μl in a 96 well plate (None and Fibronectin coated) and were incubated with complete medium. MTT (20 μl, 5 mg/ml) was added to each well at indicated time points and incubated for 3.5 h. MTT converted in living cells was solubilized with 4 mM HCl, 0.1% Nonidet P-40 (NP40) in isopropanol and absorbance measured at 595/655 nm.

CELL MIGRATION AND INVASION ASSAYS

Cell migration and invasion assays were performed using a BD FluoroBlok 24-multiwell insert system (BD Biosciences). The inserts contain a fluorescence-blocking, 8-μm pore size membrane. The FluoroBlok allow quantification of the number of cells that have migrated through the pores by microscope. To study cell migration, MSCs were suspended in serum-free DMEM medium, and seeded on a BD Falcon FluoroBlok 24-multiwell insert (0.25 ml of cells suspension, 1 × 104 cells per top chamber). To study cell invasion, the FluoroBlok were coated with Matrigel (1:5 dilutions) for 2 h at 37°C. MSCs were suspended in serum-free DMEM medium, and seeded on coated FluoroBlok (0.25 ml of cells suspension, 1 × 105 cells per top chamber). The bottom chambers contained 0.75 ml of 10% FBS contained DMEM medium. Cells were incubated in the FluoroBlok multiwell insert system for 4 h. (migration) and for 6 h (invasion) at 37°C in a humidified atmosphere of 5% CO2. Carefully cut the FluoroBlok and coverslipped on slides using Dapi Vectashield mounting medium (Vector Laboratories, Burlingame, CA). Photographs and of migrated cells were taken with Axiocam MRC camera (0.63X magnification) attached to Zeiss Axioplan 2 microscope using a 10x objectives and counted them.

ENDOTHELIAL CELL NETWORK FORMATION ASSAY

WT and CD13KO MSCs (1 × 105) were seeded on Matrigel (BD Biosciences, Bedford, MA) coated 24 well plates with DMEM (10% FBS). After 12 h, images were acquired at 20X magnification (2X objective) using a Nikon T-BPA camera attached to the Nikon Eclipse TE2000-U. The software used was SPOT version 4.1. Three individual experiments were performed. Total numbers of branch points per well were enumerated.

WESTERN BLOTTING

Isolated primary MSCs were lysed in ice-cold buffer (1% NP40 lysis buffer with protease and phosphatase inhibitors). Equal amount of protein from each group were separated by SDS-PAGE and transferred on to PVDF membrane and incubated with respective primary antibodies; CD13 monoclonal antibody for mouse CD13 (SL-13, custom made by ProMab Biotechnologies, Inc. Richmond, CA); 452 for human CD13 (Dr. Meenhard Herlyn, Philadelphia, PA); pFAK 397, pFAK925, and tFAK (cell signaling); β-Actin (Sigma); followed by incubation with horseradish peroxidase-conjugated secondary antibodies. The antigen-antibody complexes were detected with the use of a chemiluminescence reagent kit (Thermoscientific).

HISTOLOGY AND IMMUNOHISTOCHEMISTRY

Mouse or human MSCs were cultured on slides and fixed in 4% paraformaldehyde solution, permeabilized with 0.2% Triton X-100 for 10 min, and blocked with 5% BSA for 1 h. Cells were incubated with SL-13 (dilution 1/500) for mouse CD13 staining; 452 mAb (dilution 1/250) for human CD13 staining; pFAK397 and pFAK925 (cell signaling) for pFAK staining overnight followed by fluorescence secondary antibody (dilution 1/1000) for 1 h at room temperature. For F-actin staining cells were incubated with TRITC-phalloidin (Sigma-Aldrich, 1/100 dilution) for 1 h. overnight followed by fluorescence secondary antibody (dilution 1/1000) for 1 h at room temperature.

After completing blood flow assessments over 21 days, gastrocnemius muscles were dissected, fixed in 4% paraformaldehyde for 24 h, dehydrated, embedded in paraffin, and sectioned at 7 μm thickness. After deparaffinization and rehydration, antigen retrieval was done with citrate buffer pH 6 and sections blocked and incubated overnight at 4°C with primary antibodies followed by fluorescent secondary antibody for 1 h at room temperature. The capillaries were visualized by immunofluorescent staining with anti-CD31 (Santa Cruz Biotechnology) (dilution 1/200). Respective fluorophore-conjugated secondary antibodies (Molecular Probes, Carlsbad, CA) (dilution 1/1000) were used. The slides were coverslipped using Dapi Vectashield mounting medium (Vector Laboratories, Burlingame, CA). The capillary density is assessed relative to the number of muscle fibers. Muscle regeneration (fibers with centrally located nuclei/total fiber #) in the crural muscle was analyzed by haematoxylin and eosin staining.

Tissue sections were photographed with Optronics camera attached to Ziess Axioskop 2 plus microscope using the Zeiss Achroplan 20X objective and images were captured using MagnaFire SP 2.1B software. Fluorescence images were photographed with Axiocam MRC camera (0.63X magnification) attached to Zeiss Axioplan 2 microscope using a 10x, 20X, 40X or 63X objectives. For fluorescence quantification all of the images were acquired at the same exposure.

QUANTITATIVE CELL ADHESION ASSAY AND CD13 CROSS-LINKING

Monolayer adhesion assays were performed as described previously (Mina-Osorio et al., 2008). In brief, human MSCs (1 × 105) were labeled with calcein for 30 min at 37°C followed by treating with activating anti-CD13 452 mAb for 30 min with or without, washed and allowed to adhere to HUVEC monolayer cells for 45 min, lysed and fluorescence read at 485/530 nm and expressed as relative fluorescence unit (RFU).

For cross-linking of CD13 on human MSCs, cells were incubated with control anti-CD13 452 mAb in culture medium for 0, 5, 15, and 30 min at 37°C in a humidified 5% CO2 incubator. Immediately after cross-linking, the reaction was stopped by adding 5 mL of cold PBS and washed once. Cells were lysed in 1.0% NP-40 lysis buffer (20.0 mM HEPES pH 7.4, 150 mM NaCl, and 1.0% NP-40) with protease inhibitor cocktail (Roche) and phosphatase inhibitors. Lysates were cleared by centrifugation at 7000 rpm for 15 min. Proteins or immunoprecipitates were diluted with 4X sample buffer and resolved by 10% SDS-PAGE and electrotransfered onto a polyvinylidene difluoride membrane (Millipore, Bedford, MA) followed by probing with pFAK397 (1:1000), followed by HRP-conjugated secondary Abs (1:5000) and detected using the ECL- kit (Thermoscientific, USA). The blot also stripped for tFAK and β-Actin detection.

HINDLIMB ISCHEMIA MODEL AND CELL TRANSPLANTATION

All animal procedures were performed in accordance with the guidelines approved by the Animal Care Committee of the University of Connecticut. Surgical grade anesthesia was induced by intraperitoneal injection of Ketamine (100 mg/kg) and Xylazine (10 mg/kg). The right femoral artery was ligated proximal to the deep femoral artery and distal to saphenous artery. The deep femoral artery, superficial branches and bifurcation of the popliteal artery were cauterized, and the femoral artery was completely removed between the two ligatures avoiding injury of the femoral vein and nerve to preclude influence of inflammation and edema on arteriogenesis and angiogenesis. Postoperative analgesia was provided with buprenorphine (0.05 mg/kg). After 4 h., the injection of PBS, wild type MSC (WT-MSC), and CD13KO MSC (KO-MSC) were performed intramuscularly by injecting cells (2 × 106) resuspended in PBS at three different points (20 μl in each point) into the gastrocnemius muscles of wild type mice with a 27 g needle (Kim et al., 2012).

LASER-DOPPLER PERFUSION IMAGING

Non-invasive measurements of superficial hindlimb perfusion were obtained before and 0, 3, 7, 14, and 21 days after ligation using a Laser Doppler perfusion imager (model LDI2-IR, Moor Instruments, Wilmington, DE) that was modified for high resolution and depth of penetration (2 mm) with and 830 nm wavelength infrared 2.5 mW laser diode, 100 μm beam diameter, and 15 kHz bandwidth. At each time point, an average of 4 measurements per animal was made on anesthetized (1.5% isofluorane on an isothermal heating pad). To avoid the influence of light and temperature, the results were expressed as a ratio of perfusion in the right (ischemic) vs. left [non-ischemic (NI)] limb (Limbourg et al., 2009).

IN VIVO ASSESSMENT OF LIMB FUNCTION AND ISCHEMIC DAMAGE

Semi quantitative assessment of impaired use of the ischemic limb (ambulation score) was performed using the following criterion: 3 = most severe, unable to use the foot, dragging foot; 2 = no dragging, but no plantar flexion (ability to flex the ankle); 1 = positive plantar flexion; and 0 = able to flex toes to grasp cage in response to gentle traction on the tail (Stabile et al., 2003). Semi quantitative measurement of the ischemic damage (necrosis score) was also assessed (1 to 5 = one to five fingernails damaged, 6 to 10 = one to five fingers fully damaged, 11 = total paw damage).

QUANTIFICATION OF CELL ENGRAFTMENT IN ISCHEMIC HINDLIMBS

Cell engraftment in the ischemic hindlimb was quantified by histological analysis. Briefly, red fluorescent dye PKH26 labeled WT-MSC (2 × 106) and green fluorescent dye PKH67 labeled KO-MSC (2 × 106) were injected into ischemic hindlimbs of wild type mice. After 7 days, the ischemic hindlimbs were harvested, and tissue sections were embedded and sectioned. Five fields from four tissue sections were randomly selected, and the number of labeled cells was counted in each field (Kim et al., 2012).

STATISTICAL ANALYSIS

The data were represented as mean ± s.e.m. of the indicated number of measurements. Statistical differences between groups were analyzed by using unpaired, two-tailed t-test or One-Way ANOVA. Differences were considered significant at p < 0.05.

RESULTS

MESENCHYMAL STEM CELL CULTURE AND CHARACTERIZATION

To determine if CD13 contributes to the biologic function of stem cells we isolated MSCs from the bone marrow of wild type and CD13KO mice. Cells of both genotypes were grossly visually similar upon isolation and throughout the experimental culture period (Figure 1A) and as expected, the CD13 protein was abundantly expressed on wild type but not CD13KO MSCs (Figure 1B). RT-PCR and flow cytometric analyses illustrated that cultured cells of both genotypes expressed equivalent levels of the characteristic cell surface MSC markers (Figures 1C,D). Similarly, immunofluorescent staining for the pluripotency marker Oct4 verified the multipotent potential of both wild type and CD13KO MSCs (Figure 1E). Furthermore, characterization of cultured wild type and CD13KO MSCs showed comparable capacities to form adipocytes and osteoclasts under conditions reported to induce adipogenic and osteogenic differentiation (Figure 1F). Interestingly, and consistent with our previous data implicating CD13 as a functional regulator of angiogenesis (Pasqualini et al., 2000; Bhagwat et al., 2001, 2003; Petrovic et al., 2007) CD13KO MSCs were incapable of forming endothelial networks (Figure 1G). These results confirmed CD13 as a MSC marker and suggest that CD13 is not necessary for the formation of MSC in the bone marrow or their short-term survival in vitro after isolation. However, CD13 is required for MSC to differentiate toward some but not all cell lineages.


[image: image]

FIGURE 1. Mesenchymal stem cell culture and characterization. (A) Phase contrast image of BM derived MSCs at Day 0 and Day 21(Bar = 100 μm). (B) CD13 expression in WT-MSCs by fluorescence immunostaining (Bar = 20 μm) and protein expression of CD13 in WT-MSC. (C) RT PCR analysis of stem cell expression profiles. (D) Flow cytometric analysis of MSCs. Cells were characteristically positive for CD29, CD49e and negative for CD19, CD31, and CD34. Unstained;WT-MSC; KO-MSC–. (E) Both WT-MSC and KO-MSC expressed transcription factor OCT3/4 (Bar = 20 μm). (F) Confluent MSCs were transferred to adipogenic and osteogenic medium for 3 weeks. Adipocytes were detected by oil red O staining and osteoblasts by alizarin red staining (Bar = 200 μm). (G) 1 × 105 cells were seeded on Matrigel coated 6-well plates and incubated for 12 h. cells isolated from CD13KO mice are unable to form capillary networks and form fewer branches (Bar = 200 μm).



CD13KO MESENCHYMAL STEM CELLS ARE FUNCTIONALLY IMPAIRED

We have previously demonstrated that CD13 functions as an adhesion molecule regulating monocyte-endothelial interactions (Mina-Osorio et al., 2008; Subramani et al., 2013) and is required for endothelial cell invasion (Bhagwat et al., 2003; Petrovic et al., 2007). To determine if CD13 functioned similarly in MSCs we tested wild type and CD13KO MSCs in in vitro in adhesion, migration and invasion assays; functions that are dependent on adhesion. Assessment of MSC adhesion to matrix proteins contained in preparations of human fibronectin, Matrigel or gelatin (Figure 2A) indicated that CD13KO MSCs are significantly less adherent than wild type cells to all ECM proteins tested, suggesting that this effect is not strictly matrix or ligand dependent and that CD13 plays a more universal role in cell attachment. In contrast, proliferation rates as measured by the MTT assay are similar over time (Figures 2B,C), although lower initial absorbance readings for CD13KO cells in this assay likely reflect their overall reduced adherence. Similar to our results in endothelial cells, both migration and invasion of MSC toward chemotactic stimuli were impaired (Figures 2D,E). Therefore, lack of CD13 hinders MSC functions in vitro, consistent with a loss in adhesive properties.
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FIGURE 2. Lack of CD13 impairs MSC adhesion, proliferation, migration, and invasion. (A) Adhesion assay: Cells (1 × 104) were seeded in 96 well plates coated separately with fibronectin, Matrigel, or gelatin and allowed to adhere for 1 h at 37°C. After PBS wash, adherent cells were detected by MTT assay. n = 6, **P < 0.01. (B,C) Proliferation assay: Cells (0.5 × 104) were seeded in 96 well plate and cell proliferation detected by MTT assay at the indicated time points. n = 6, *P < 0.05, **P < 0.01. (D) Migration assay: 1 × 104 cells were seeded in FluoroBlok chambers. After 4 h. incubation the cells were stained with DAPI and counted. n = 4, **P < 0.01. (E) Invasion assay: 1 × 105 cells were seeded on Matrigel (1:5 dilution) coated FluoroBlok chambers. After 6 h. incubation the cells were counted. n = 4, **P < 0.01.



ADHESION-REGULATING SIGNAL TRANSDUCTION PATHWAYS ARE ALTERED IN CD13KO MSCS

Adhesion to the extracellular matrix via adhesion molecules activates well-characterized signal transduction cascades that induce intracellular alterations in the cytoskeleton. Staining for intracellular F-actin in wild type and CD13KO MSCs with phalloidin shows an obvious disruption of cytoskeletal integrity in the absence of CD13 (Figure 3A). Accordingly, dramatic reductions in phosphorylation of FAK at residues 397 and 925 and a nearly complete absence of focal adhesions clearly indicate severely disordered adhesion processes, although total FAK protein levels are unchanged (Figures 3B,C) suggesting CD13 regulates MSC adhesion via FAK activation as we have previously shown in monocytes (Subramani et al., 2013).
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FIGURE 3. Mesenchymal stem cell defects in CD13KO mice are cell intrinsic. (A) phalloidin-stained MSC cells isolated from injured muscles of CD13KO mice showed remarkable cytoskeletal disruption compared to cells from WT mice; Objective 40X (Bar = 100 μm). (B,C) Immunofluorescent detection of FAK phosphorylation at tyrosine residues 397 (B) and 925 (C). Protein lysates of MSC were probed for phospho-FAK (Y397) and phospho-FAK (Y925) with β-actin as the loading control. CD13KO MSCs expressed lower levels of phospho-FAK protein (Bar = 20 μm).



CD13 ACTIVATION INDUCES ADHESION AND FAK ACTIVATION IN HUMAN MSCS

We have demonstrated that activation of CD13 with a ligand mimicking monoclonal antibody increases monocyte adhesion to endothelial cells (Mina-Osorio et al., 2008; Subramani et al., 2013). CD13 is also prominently expressed in human MSCs (hMSC, Figure 4A) and may similarly mediate MSC-endothelial adhesion. Crosslinking of hMSC CD13 with the activating mAb 452 induces cell-cell adhesion (Figure 4B) and FAK phosphorylation (Figure 4C), suggesting that CD13 can function as a signal transducing adhesion molecule to mediate MSC adhesion, migration and invasion.
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FIGURE 4. CD13 activation increases monolayer adhesion and FAK phosphorylation in human MSCs. (A) Human mesenchymal stem cells also express CD13 by immunofluorescence (green); Objective 63X (Bar = 20 μm) and immunoblot of human cell lysates. (B) Colorimetric quantification of adhesion of human MSCs treated with the CD13 activating mAb 452 to HUVEC monolayers. Data represents the mean ± s.e.m. n = 3 from two independent experiments (**P < 0.01). (C) CD13 crosslinking with activating mAb 452 temporally induces FAK tyrosine phosphorylation in human MSCs.



CD13KO MESENCHYMAL STEM CELLS ARE IMPAIRED IN ENHANCING WOUND HEALING IN VIVO

It is well established that administration of exogenous MSCs substantially contributes to wound repair in the hind-limb ischemia model of angiogenesis. To assess the effect of the lack of CD13 in MSC function in vivo, we removed the femoral artery and collateral vessels from single flanks of WT mice and injected randomized animals either with purified WT or CD13KO MSCs or PBS control into the surgery site. Laser Dopplar imaging of blood flow immediately following ligation clearly showed that the ligated leg is poorly perfused (blue color) relative to the contralateral leg (Figure 5A, day 0), but that circulation is progressively re-established over a period of 3 weeks (Figure 5A). In agreement with published studies, this revascularization is significantly improved in the animals injected with wild type MSCs compared to animals injected with vehicle control (Figure 5B). In contrast, injection of CD13KO MSCs showed a significant and prolonged delay in recovery of blood flow over 21 days post-injury, suggesting that impaired MSC adhesion in vitro predicts reduced MSC function in vivo in the absence of CD13. In agreement with this result, we found reduced ambulatory capacity (impaired limb function, Figure 5C) and a higher degree of paw necrosis in the CD13KO animals (Figures 5D,E).
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FIGURE 5. Lack of CD13 on exogenously administered MSCs impairs perfusion recovery in an in vivo hindlimb ischemia model. (A) Laser Doppler flow imaging of perfusion in mice at the indicated time points. Representative color-coded images of three groups (PBS, WT-MSC, and KO-MSC) of mice on day 0, 3, 7, 14, and 21 after surgery and cell transplantation assessed by laser Doppler imaging. Red indicates highest perfusion velocity, green intermediate, and blue, lowest velocity. (B) Cumulative results for PBS (n = 7), WT-MSC (n = 6), and KO-MSC (n = 6) injected mice are shown graphically as ratios of blood flow in ischemic limb (I) to that in the non-ischemic limb (NI) at each time point. Functional assessment of ischemic muscles. Cumulative results are shown graphically as (C) the ambulatory impairment score; (D) ischemic tissue damage score as described in Methods. (E) Images of Non-ischemic and PBS, WT-MSC, and KO-MSC injected ischemic paw. Black nail indicates necrosis. #P < 0.05 compare to PBS and *P < 0.05 compare to KO-MSC; (score assessment criteria in Methods).



MUSCLE GENERATION AND CAPILLARY FORMATION ARE IMPAIRED IN MICE INJECTED WITH CD13KO MSC FOLLOWING ISCHEMIC INJURY IN VIVO

Histologic analysis of muscles from animals receiving WT MSCs at 21 days post-surgery/injection showed clear evidence of regenerating muscle as illustrated by numerous myofibers with centrally located nuclei (WT- Figure 6A) where vehicle controls showed marked metaplasia with loss of myofibers and decreased muscle regeneration characteristic of impaired muscle recovery Figure 6A, PBS (Limbourg et al., 2009). While CD13KO MSCs contribute to healing, muscle recovery is noticeably reduced (Figure 6A, KO and Figure 6C). Similarly, femoral artery removal results in hypoxia that triggers a robust angiogenic response and exogenously administered MSCs can enhance this revascularization of injured tissue (Limbourg et al., 2009). Immunofluorescent analysis of the vascular response to injury indicate that the density of CD31+ endothelial cell-lined luminal capillaries is significantly decreased in muscles of mice receiving CD13KO MSCs (Figures 6B,D). In addition, these structures appeared more immature with fewer characteristic branches in recipients of CD13KO MSCs, confirming our in vitro observations that CD13 is required for angiogenesis and suggesting that CD13 promotes MSC-mediated wound healing and revascularization in this model of ischemic injury.
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FIGURE 6. Muscle regeneration and capillary formation are impaired in mice injected with CD13KO MSC following ischemic injury. (A) Hematoxylin and eosin (H&E) staining of gastrocnemius muscle regeneration was confirmed by the presence of multiple, centrally located myocyte nuclei, 20X objective; Bar = 100 μm. (B) Capillaries were visualized by immunofluorescent staining with CD31 (red) and nuclei with DAPI (blue); Objective, 40X objective; Bar = 50 μm. (C) The area of the injured tissue was compared among PBS, WT-MSC, and KO-MSC groups. A significant increase in muscle regeneration (average) was observed in WT-MSC group compared with PBS group at day 21. (D) The ratio of capillary density per fiber was measured in ischemic gastrocnemius muscles. Capillary density was significantly increased in WT-MSC compared with other groups, PBS and KO-MSC. All data were quantified by ImagePro Plus. Values are shown as mean ± s.e.m. (*P < 0.05) (PBS n = 7; WT-MSC n = 6; KO-MSC n = 6).



CD13 PROLONGS THE SURVIVAL AND ENGRAFTMENT OF MESENCHYMAL STEM CELLS

The impaired muscle regeneration in recipients of CD13KO MSCs suggests that CD13-dependent adhesion is important for the engraftment of MSC. To estimate the relative engraftment potential of WT and CD13KO MSCs in ischemic hindlimbs, we directly transplanted a total of 2 × 106 differentially PKH dye-labeled cells of each genotype into the ischemic region of the hindlimb injury. 7 days post-injury/transplantation, hindlimb tissues were collected and analyzed for the number of dye labeled cells remaining in the wound by fluorescence microscopy (Figures 7A,B). Significantly higher numbers of transplanted WT MSCs were detected in tissues (PKH+/nuclear-DAPI+) than CD13KO MSCs (Figure 7C), suggesting that CD13 regulates the function of transplanted MSCs in the wound; potentially at the level of retention, survival, or engraftment potential, thus, significantly contributing to the ability of exogenous MSCs to facilitate wound healing in ischemic injury.
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FIGURE 7. Engraftment of MSCs in vivo. Representative images of localized PKH26 (red) labeled WT-MSCs (A) and PKH67 (green) labeled KO-MSCs (B) at 7 days after cell injection. (C) Quantification of engrafted MSCs. Dye positive cells was quantified. *P < 0.05 WT-MSC vs. KO-MSC. 5X objective, Bar = 500 μm; 63X objective, Bar = 50 μm.



DISCUSSION

CD13 was originally identified as a marker of myeloid leukemia and normal hematopoietic cells of the myeloid lineage (Subcomittee, 1984) and was subsequently discovered to be identical to the cell surface peptidase Aminopeptidase N (Look et al., 1989). Further studies by our group and others have identified numerous functional roles for this molecule in various tissues in addition to hematopoietic cells, some of which are enzyme-dependent [cleavage of bioactive peptides (Gros et al., 1985), reabsorption of amino acids (McClellan and Garner, 1980)] and others that are independent of its enzymatic activity [viral receptor (Yeager et al., 1992), adhesion molecule (Mina-Osorio et al., 2008), endocytic mediator (Ghosh et al., 2012) and angiogenic regulator (Bhagwat et al., 2001)]. The prominent and pervasive expression of CD13 on embryonic and adult stem cells of numerous origins (Aust et al., 2004; Covas et al., 2005; Fan et al., 2005; Musina et al., 2005; Trubiani et al., 2005; Seeberger et al., 2006) prompted the current investigation into possible roles for this multifunctional molecule on MSC biology. Comparison of the in vitro and in vivo properties of bone marrow-derived mesenchymal stem cell populations isolated from wild type and CD13KO mice showed that MSC-expressed CD13 serves many of the functions that have been demonstrated on other cells and that lack of CD13 on MSCs has profound effects on the ability of exogenously administered cells to contribute to healing of skeletal muscle following severe ischemic injury.

Initial characterization of our global CD13KO animals showed that unchallenged mice are healthy and fertile with essentially normal hematopoietic profiles and physiologic myeloid functions (Winnicka et al., 2010), similar to the normal expression profiles of stem cell markers and proliferation rates we observed in freshly isolated bone marrow derived MSCs. Interestingly, although both wild type and CD13KO MSCs express the pluripotency marker Oct4 and can differentiate into cells characteristic of the osteogenic and adipogenic lineages, MSCs lacking CD13 are unable to form vascular networks in vitro. This finding is in agreement our previous work demonstrating that CD13 regulates angiogenesis by transducing signals important to the formation of endothelial filopodia (Petrovic et al., 2007), but also raises the intriguing possibility that CD13 may specify or determine endothelial cell fate. Consistent with this notion, we have shown that transcription factors that mediate CD13 expression in myeloid cells also direct the differentiation of myeloid progenitor cells to macrophages (Hegde et al., 1998, 1999), suggesting that CD13 may also be involved in mechanisms that program the differentiation of specific cell lineages. Studies investigating this interesting possibility are ongoing in our laboratory.

We have also shown that CD13 is a homotypic adhesion molecule that mediates inflammatory interactions between monocytes and endothelial cells and activation of CD13 induces signal transduction, cytoskeletal reorganization and increased adhesion to regulate inflammatory monocyte trafficking (Mina-Osorio et al., 2008; Subramani et al., 2013). In the current study, we demonstrate that phosphorylation of the critical focal adhesion kinase FAK and subsequent adhesion of CD13KO MSCs to the extracellular matrix is also significantly reduced. FAK phosphorylation/activation regulates adhesion, which is fundamental to the processes of MSC survival, migration and invasion that control the ability of MSCs to integrate, survive and contribute to healing at the site of injury (Song et al., 2007; Hu et al., 2011; Liao et al., 2012; Meng et al., 2013). Therefore, the reduced adhesive capacity of MSCs resulting from the loss of CD13 profoundly affects essential, cell intrinsic functions and likely forms the basis of the diminished muscle regeneration seen upon CD13KO MSC treatment.

In keeping with the defective CD13KO MSC morphogenesis and capillary network formation, we also find that capillary density is decreased and the capillaries that are formed are immature and poorly branched in the injuries of recipients of the CD13KO MSCs, clearly contributing to reduced functional recovery. In support of this notion, we have found that angiogenesis is universally impaired in CD13KO animals subjected to ischemic injury models (Pereira et al., 2013; Rahman et al., 2013) or tumors (Pasqualini et al., 2000; Bhagwat et al., 2003). Alternatively, the implanted MSCs have been described as a minor source of healthy precursor cells and wild type tissue-resident endothelial precursors are critical for neovessel formation in the wound. This data would argue that the decrease in angiogenesis and lessened regeneration in the CD13KO may be due to reduced survival or retention of the MSCs in the wound, as these are a rich source of paracrine factors that serve to enhance repair by endogenous cells (Williams and Hare, 2011). Indeed, studies in cardiac cell therapy suggest that only a fraction of the donor cells actually integrate long-term, but rather function more short-term by secreting cytokines that stimulate differentiation of tissue-resident precursors, inhibit fibrosis, increase survival, suppress inflammation, and promote angiogenesis (Schulman and Hare, 2012). We find that by 7 days post-injection, ischemic muscles receiving CD13KO MSCs contained significantly fewer labeled cells than recipients of wild type MSCs, which is consistent with reduced survival or retention of cells lacking CD13 at the site of injection. Interestingly, our observation that activation of CD13 on MSCs induces their adhesion suggests that activation of CD13 may be a mechanism to enhance the adhesion of implanted MSCs to improve integration, paracrine secretion, revascularization, muscle regeneration, and perfusion recovery.

Collectively, our results clearly indicate that CD13 plays a protective role in MSC-mediated skeletal muscle repair, which we believe is primarily due to defects in MSC adhesion and angiogenesis. The multifunctional nature of this molecule is consistent with CD13's regulation of multiple aspects of healing following ischemic injury in the muscle and may be a potentially viable target to improve MSC therapy.
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Skeletal muscle has great regenerative capacity which is dependent on muscle stem cells, also known as satellite cells. A loss of satellite cells and/or their function impairs skeletal muscle regeneration and leads to a loss of skeletal muscle power; therefore, the molecular mechanisms for maintaining satellite cells in a quiescent and undifferentiated state are of great interest in skeletal muscle biology. Many studies have demonstrated proteins expressed by satellite cells, including Pax7, M-cadherin, Cxcr4, syndecan3/4, and c-met. To further characterize satellite cells, we established a method to directly isolate satellite cells using a monoclonal antibody, SM/C-2.6. Using SM/C-2.6 and microarrays, we measured the genes expressed in quiescent satellite cells and demonstrated that Hesr3 may complement Hesr1 in generating quiescent satellite cells. Although Hesr1- or Hesr3-single knockout mice show a normal skeletal muscle phenotype, including satellite cells, Hesr1/Hesr3-double knockout mice show a gradual decrease in the number of satellite cells and increase in regenerative defects dependent on satellite cell numbers. We also observed that a mouse's genetic background affects the regenerative capacity of its skeletal muscle and have established a line of DBA/2-background mdx mice that has a much more severe phenotype than the frequently used C57BL/10-mdx mice. The phenotype of DBA/2-mdx mice also seems to depend on the function of satellite cells. In this review, we summarize the methodology of direct isolation, characterization, and molecular regulation of satellite cells based on our results. The relationship between the regenerative capacity of satellite cells and progression of muscular disorders is also summarized. In the last part, we discuss application of the accumulating scientific information on satellite cells to treatment of patients with muscular disorders.
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INTRODUCTION

One of the best-known examples of regeneration is the ability of newts to regenerate limbs and tails. This process was believed to utilize specialized multipotent cells that have the potential to produce all types of cells. The existence of this type of multipotent stem cells seemed to be the reason newts, but not humans, can regenerate limbs. However, a recent study of the axotl has suggested a different model (Kragl et al., 2009). Instead of multipotent stem cells, each tissue produces progenitor cells with restricted potential. In other words, each cell keeps a memory of its tissue origin during regeneration. Humans who lose a limb cannot produce new one because most types of cells do not retain their regenerative potentials in humans. Skeletal muscle, however, seems to be an exception. Muscle stem cells, known as satellite cells, make it possible for humans and newts to regenerate, because the potential for muscle regeneration using satellite cell-like cells is maintained across species (Morrison et al., 2006). Because the ultimate goal of regenerative medicine is to rebuild lost tissue, the study of muscle regeneration and satellite cells will help us clarify the principles of regeneration.

How many times can skeletal muscle rebuild itself? In other words, how many times can satellite cells proliferate to make new myofibers in mammals? Two groups have reported a powerful regenerative capacity of skeletal muscle in rats and mice. Luz et al. reported that C57BL/10 mice regenerated muscle without loss of myofibers or gain of fibrotic areas after 50 bupivacaine injections into the TA muscle (Luz et al., 2002). Sadeh et al. showed active regeneration cycles in rats that had received weekly injections of bupivacaine for 6 months. They reported a lack of evidence for reduction or exhaustion of muscle fiber capacity to regenerate despite ongoing degeneration–regeneration cycles over a period approximating one fourth of the rat life expectancy (Sadeh et al., 1985). These results clearly indicate that the satellite cell pool is efficiently maintained during multiple degeneration–regeneration cycles in these animals. However, actually, there are many inherited and non-inherited muscle disorders that exhibit a progressive loss of muscle mass and weakness. Duchenne muscular dystrophy is a well-known inherited muscle disease that results from the lack of functional dystrophin proteins. In disease environments, satellite cells are forced to continue to proliferate and differentiate because newly formed myofibers are repeatedly damaged. This regeneration–degeneration cycle is considered to lead to exhaustion of satellite cell potentials, which is one reason why dystrophic patients exhibit progressive symptoms. In addition, the microenvironment of satellite cells in disease conditions may affect long-term survival and/or maintenance of their functions. The same genes that are responsible for inherited muscle disease might directly contribute to sustaining the satellite cell pool. Our knowledge of how to overcome and develop new therapeutic methodologies for muscle diseases based on satellite cell biology is still limited, but if we can manipulate satellite cell potential, it may lead to treatment of many muscle disorders. To accomplish this, we have to understand the molecular and cellular mechanisms of satellite cells. In this chapter, we will introduce the methodology of direct isolation of satellite cells, which was the first step to revealing the molecular and cellular mechanisms of satellite cells. Next, based on recent studies, we will show molecular regulation of satellite cells, and the relationship between the capacity of satellite cells and the progression of muscular disorders. In the last part, we discuss how to apply the accumulating scientific results on satellite cells to treating patients with muscle disorders.

SATELLITE CELLS

Satellite cells were discovered by Dr. Alexander Mauro as mononuclear cells attached to myofibers in frog muscle (Mauro, 1961). Subsequently, satellite cells were found in mammalian skeletal muscle. The name is derived from their location between the basal lamina and sarcolemma (plasma membrane of myofiber) (Figure 1A). Like other stem cells, satellite cells are maintained in an undifferentiated and quiescent state in uninjured muscles (Schultz et al., 1978), and therefore, transcriptional activity is much lower than in proliferating myoblasts. In fact, the nucleus occupies most of the cell area, and only small portions are observed as cytoplasm by electronic microscopy (Figure 1A). In addition, the RNA content of quiescent satellite cells is about one fourth of that of cultured myoblasts (Fukada et al., 2007). Freter et al. demonstrated global suppression of RNA polymerase II serine-2 phosphorylation, which triggers productive transcription elongation, mRNA processing, and release of the mature mRNA in adult stem cells including satellite cells (Freter et al., 2010). However, recent studies show that the quiescent state is not “passive,” but rather a highly regulated cell state that is rapidly activated in response to injury or damage (Liu et al., 2013), therefore the “active” molecular regulation of stem cells is of great interest in the field of stem cell research.
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FIGURE 1. Proteins expressed in quiescent muscle satellite cells. (A) Location of satellite cells. PM, plasma membrane; BL, basal lamina; SC, satellite cell. (B) Satellite cell molecules whose protein expressions are confirmed. Red indicates “quiescence genes.”



In the past 15 years, many studies have reported other myogenic stem/progenitor cells, for example, bone marrow cells, side population (SP) cells, and muscle-resident interstitial cells, that seemed to function as stem cells for muscle regeneration (Ferrari et al., 1998; Gussoni et al., 1999; Jackson et al., 1999; Asakura and Rudnicki, 2002; Asakura et al., 2002; Fukada et al., 2002; LaBarge and Blau, 2002; Tamaki et al., 2002; Polesskaya et al., 2003). However, the physiological roles of these types of cells are limited, and, now there is no doubt that satellite cells play essential roles during skeletal muscle regeneration (Collins et al., 2005; Lepper et al., 2011; Sambasivan et al., 2011). In addition, a single satellite cell has potential for both myogenic differentiation and self-renewal; therefore, the functions and characteristics of satellite cells satisfy the criteria of stem cells, and satellite cells function physiologically as stem cells for skeletal muscle homeostasis (Sacco et al., 2008). Satellite cells also play essential roles in skeletal muscle development. White et al. estimated that satellite cells contribute to the increase in the number of myofiber nuclei in mice until 3 weeks after birth (White et al., 2010).

The identification and observation of satellite cells had been dependent on electronic microscopy. However, the discovery of M-cadherin expression on satellite cells has allowed us to easily identify them by conventional microscopy (Irintchev et al., 1994). Pax7 is also widely used to identify satellite cells by microscopy. In contrast to M-cadherin-null mice, Pax7-null mice show severe loss of muscle mass and satellite cell pools (Seale et al., 2000). In addition to these molecules, expression of several other proteins in quiescent satellite cells has been reported (Figure 1B). Above all, identification of cell surface molecules allows us to isolate living quiescent satellite cells, using a specific antibody that recognizes the extracellular domain of the protein. In the next section, we will introduce the history and methodologies of direct isolation of satellite cells.

DIRECT ISOLATION OF SATELLITE CELLS

Direct isolation of stem cells is a powerful tool to investigate their biology. Direct isolation of hematopoietic stem cells made research on hematopoietic stem cells the cutting edge of stem cell biology (Osawa et al., 1996). On the other hand, identification of stem cells by culture-based methods sometimes lacks reproducibility because culture conditions might affect it. Therefore, direct isolation of stem cells is essential for the study of stem cell biology.

When we started to study muscle satellite cells, nobody had succeeded in direct isolation of them, although Blau's group reported isolation of myogenic cells using an anti-integrin a7 antibody from crude cultured mononuclear cells derived from skeletal muscle (Blanco-Bose et al., 2001). To directly isolate satellite cells, we tried to develop a monoclonal antibody. We injected C2/4 cells (a subclone of C2C12) into rats, and produced hybridoma cells by a standard method. C2/4 cells were used for FACS-based screenings because our aim was to establish a monoclonal antibody suited to FACS analyses. In addition, skeletal muscle-derived mononuclear cells were also used for the FACS-based screening process. Finally, SM/C-2.6, a new monoclonal antibody, was established (Fukada et al., 2004), and then we established a method to isolate pure satellite cells using SM/C-2.6, anti-CD31, -CD45, and -Sca-1 antibodies (Fukada et al., 2007; Ikemoto et al., 2007). All mononuclear myogenic cells in skeletal muscle at different stages of injury as well as uninjured muscle were purified in the SM/C-2.6(+)CD31(−)CD45(−)Sca-1(−) fraction (Ikemoto et al., 2007; Segawa et al., 2008). SM/C-2.6 also contributed to the generation of myogenic cells from embryonic stem (ES) cells and induced pluripotent stem (iPS) cells (Chang et al., 2009; Mizuno et al., 2010). Furthermore, the antibody led to the identification of mesenchymal progenitors, which are the original cell sources of both the fibrosis and adipogenesis that are the hallmarks of progressed muscular dystrophies (Uezumi et al., 2010, 2011; Ito et al., 2013). In in vitro culture conditions, cells easily lose in vivo characteristics, including gene expression. In addition, a lack of purification allows contamination by other types of cells and affects the results. Therefore, the purification of isolated cells is essential for these analyses, and our methods to assure the purity are widely used in many laboratories (Israeli et al., 2007; Verma et al., 2010; Yajima et al., 2010; Tokura et al., 2011; Urciuolo et al., 2013).

There are other methods to purify muscle satellite cells. In 2004, Sherwood et al. demonstrated that the integrin α7(+)integrin β1(+)Cxcr4(+)CD34(+)CD45(−)Sca-1(−)Mac-1(−) fraction contained only myogenic cells (Sherwood et al., 2004). In 2005, Montarras et al. showed that satellite cells are highly enriched in the CD34(+)CD45(−)Sca-1(−) fraction (Montarras et al., 2005). Syndecan3/4 is also used as a positive marker of satellite cell isolation (Tanaka et al., 2009). The positive marker used depends on the laboratory, but many research groups use the same negative markers. The positive and negative markers used for directly isolating satellite cells are listed in Table 1. In addition to these cell surface-based methods for isolation of satellite cells, genetic modifications also allow us to directly isolate quiescent satellite cells. Green or yellow fluorescent protein expression under a Pax3 (Montarras et al., 2005; Bosnakovski et al., 2008) or Pax7 promoter is one established method for direct isolation of satellite cells. Unfortunately, although information on satellite cells in humans is still limited, SM/C-2.6 does not react with human, rat, or dog cells (unpublished data). Thus, neural cell adhesion molecules (NCAM) is used for identification of human satellite cells in tissues (Cashman et al., 1987), and a few groups have reported direct isolation of satellite cells using anti-NCAM (CD56) antibodies (Dellavalle et al., 2007).

Table 1. Markers used in the direct isolation of muscle satellite cells.
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FACS analyses do not provide information about the location of satellite cells. In general, immunohistochemistry studies are necessary to provide information on the location of the cells of interest (Irintchev et al., 1994), and therefore, the expression of positive markers on satellite cells must be examined by immunohistochemistry in order to isolate satellite cells. Importantly, the positive markers for isolating satellite cells described above were examined their expression on satellite cells by immunohistochemistry. Therefore, isolated cells by FACS are considered to be equivalent to the anatomically identified satellite cells (Beauchamp et al., 2000; Cornelison et al., 2001; Fukada et al., 2004).

As described above, some muscle stem cells except for satellite cells are identified by FACS. Muscle-SP cells are defined by Hoechst-efflux (Gussoni et al., 1999; Jackson et al., 1999). Satellite cells do not exist in the SP cell fraction (Fukada et al., 2004), and therefore muscle satellite cells and SP cells are considered to be different cell populations. Like muscle-SP cells, the other types of muscle stem cells are located in interstitial areas in muscle (Tamaki et al., 2002; Uezumi et al., 2006), and therefore SP cells and muscle-resident interstitial cells are completely distinct populations from satellite cells, making the study of immunohistochemistry essential for using positive markers to isolate muscle satellite cells.

However, FACS studies have many advantages in on-going studies of stem cell biology. FACS can easily elucidate the cell size, cellular granularity, and frequency of a stem cell population (Fukada et al., 2011). In addition, direct isolation assures single cell transplantation (Sacco et al., 2008), and Montarras and Ikemoto reported that freshly isolated cells have much higher muscle reconstitution potential than cultured cells (Montarras et al., 2005; Ikemoto et al., 2007). Among the benefits of direct isolation, one of the most notable is that we can perform genome-wide gene expression analyses using isolated cells and microarrays. In fact, we have identified a great number of unexpected genes in quiescent satellite cells (Fukada et al., 2007). In the next section, we will introduce genes that are specifically or highly expressed in satellite cells in the dormant state.

QUIESCENCE GENES

Cultured myoblasts and myogenic cell lines play important roles in studies of myogenic differentiation, and essential processes for myogenic differentiation have been established. Establishment of C2 cells (Yaffe and Saxel, 1977) and the subclone C2C12 (Blau et al., 1983a) has played extremely important roles in studies of myogenic cell biology. Single myofiber culture is also excellent model to investigate the differentiation and self-renewal mechanisms of satellite cells in vitro (Rosenblatt et al., 1995). However, little was known about the genes expressed in quiescent satellite cells until 2007 when our group first compared the genes of quiescent satellite cells and cultured myoblasts. We found that 507 genes (665 probes) were expressed in quiescent satellite cells at levels more than 5-fold higher than in activated satellite cells (Fukada et al., 2007). To date, among these genes, the physiological roles of Sprouty1 (Spry1), Notch3, and Cepbb, in satellite cells have been elucidated using gene-deleted mice (Kitamoto and Hanaoka, 2010; Shea et al., 2010; Marchildon et al., 2012). Spry1 is an inhibitor of receptor tyrosine kinase signaling, and the lack of Spry1 leads to loss of the satellite cell pool during the regeneration process. In uninjured young and adult muscle, Spry1 is not essential for maintaining satellite cells, but in aged muscle, the loss of Spry1 leads to a decrease in the number of satellite cells due to accelerated fibroblast growth factor (FGF) signaling (Chakkalakal et al., 2012). Kitamoto et al. showed that half of satellite cells and myoblasts express Notch3, and that Notch3 expression is downregulated during myogenic differentiation (Kitamoto and Hanaoka, 2010). Intriguingly, the loss of Notch3 increases the number of satellite cells in uninjured muscle. In addition, after repetitive muscle injuries, like repeated CTX injections or dystrophic condition, Notch3-deficient mice showed remarkable overgrowth of muscle mass. Notch3-deficient myoblasts show accelerated proliferation, and Notch3-induced myoblasts exhibit decreased BrdU-uptake. Therefore, in quiescent satellite cells, Notch3 might keep the cell cycle in a quiescent state. The investigation of aged Notch3-deficient mice is expected to explain the roles of Notch3 in satellite cells over long periods. CCAAT/enhancer binding proteins (C/EBPs) form a family of basic leucine zipper (bZIP) transcription factors, of which C/EBPβ is involved in many regulatory and differentiation processes as both an activator and a repressor. The loss of Cebpb does not affect the number of satellite cells, but C/EBPβ has the potential to induce Pax7 expression and inhibit myogenic differentiation because loss of Cebpb expression in satellite cells promotes fiber hypertrophy in vivo and cell fusion in vitro (Marchildon et al., 2012). Like Spry1, loss of Cebpb might affect the satellite cell pool in aged mice. In addition, our transcriptome analyses have shown that Cebpd is also highly expressed in quiescent satellite cells. Therefore, C/EBP family genes might regulate muscle satellite cells in a physiological manner.

Bone morphogenetic proteins (BMPs) constitute a subgroup of the transforming growth factor (TGF)-β superfamily, and are known as myogenic differentiation regulators. Gamell et al. reported that Bmp2 induces phosphorylation of Akt and migration of C2C12 (Gamell et al., 2008). Wang et al. indicated that Bmp signaling positively regulates the proliferation of both fetal myogenic progenitors and satellite cells in vivo (Wang et al., 2010). They also indicated that BMP signaling is not active in quiescent satellite cells, but that proliferating satellite cells exhibit active BMP signaling. These results indicate that quiescent satellite cells do not respond to BMP signaling in their dormant state. Intriguingly, our microarray results showed that quiescent satellite cells express extremely high levels of Bmp2, 4, and 6 genes (Fukada et al., 2007). Therefore, an unknown mechanism might control BMP activity or translation of BMPs in quiescent satellite cells. In BMP signaling, Smad1, Smad5, and Smad8 are specific intracellular transducers. On the other hand, Smad2 and Smad3 transduce TGF-β signaling. Ge et al. reported that Smad3-null mice showed a decreased number of satellite cells (Ge et al., 2011). However, this study was performed using Smad3-null mice, therefore, we cannot conclude that Smad3 plays direct roles in quiescent satellite cells because myofibers of Smad3-null mice are also affected by the lack of Smad3. However, hematopoietic stem cells (Yamazaki et al., 2011) and some stem cells (Oshimori and Fuchs, 2012) are controlled by TGF-β signaling. Likewise, TGF-β might be an essential regulator for the maintenance of satellite cells. In Table 2, we summarized the genes that affect satellite cell numbers in uninjured adult skeletal muscle (Seale et al., 2000; Kitamoto and Hanaoka, 2010; Angione et al., 2011; Fukada et al., 2011; Ge et al., 2011; Hosoyama et al., 2011; Juan et al., 2011; Bjornson et al., 2012; Chakkalakal et al., 2012; Cheung et al., 2012; Mourikis et al., 2012).

Table 2. Genes known to control satellite cell number in vivo.
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On the other hand, 659 genes (814 probes) were upregulated (>5-fold) in the activated state in our microarray results. The most highly upregulated gene (334-fold) was Hmga2; Li at al. demonstrated that Hmga2 plays essential roles in myoblast proliferation and myogenesis (Li et al., 2012). Therefore, our transcriptome analyses include many functional genes that explain satellite cell states.

As mentioned above, satellite cells occupy a unique location and do not express the myogenic determination gene MyoD. Therefore, we hypothesized that the genes responsible for maintaining satellite cells are specifically expressed in quiescent satellite cells in skeletal muscle. To isolate such genes, we also prepared non-myogenic cells from skeletal muscle for comparison with quiescent and activated satellite cells, and 63 genes were finally identified as “quiescence genes,” which are highly expressed in quiescent satellite cells but not in cultured myoblasts and non-myogenic cells in skeletal muscle (Fukada et al., 2007). Almost none of the genes had been previously reported in skeletal muscle biology.

Other groups also performed similar comparisons to characterize quiescent satellite cells. Pallafacchina et al. compared the gene expression profiles of quiescent satellite cells with samples of neonatal satellite cells and mdx mouse-derived Pax3+ cells (Pallafacchina et al., 2010). Our “quiescence genes” are expressed at higher rates in quiescent satellite cells than in neonatal satellite cells, but the ratio is not very significant. This discrepancy is dependent on the type of cells used for comparison because Pallafacchina et al. also showed significant differences between quiescent satellite cells and cultured myoblasts. Pallafacchina et al. isolated quiescent satellite cell-specific genes (e.g., Apoe, Ms4a4d, Fgl2, Timp4, Adh1, Ahr, Osmr), but these genes are also expressed in non-myogenic cells in skeletal muscle. Another discrepancy is the expression of Notch-related genes in quiescent satellite cells. We identified Notch signaling-related genes (Notch3 and HeyL/Hesr3) as the most highly expressed genes in quiescent satellite cells, although Pallafacchina's results did not show the importance of Notch signaling in quiescent satellite cells. However, recent studies have clearly demonstrated the essential roles of Notch signaling for maintaining quiescent satellite cells in vivo as well as developmental stages (see below). On the other hand, quiescent satellite cells share common features in our and Pallafacchina's results, for example, some cell adhesion molecules and transcriptional factors. Although our reports had not mentioned it, Pallafacchina et al. intriguingly found up-regulation of anti-oxidative genes in quiescent satellite cells. In fact, our original data also included ant-oxidative genes in quiescent-stage specific manner. These results imply the importance of oxidative stress in quiescent satellite cells. Farina et al. analyzed gene expressions of quiescent satellite cells, activated satellite cells (ASC, 12 h after injury), and proliferating myoblasts (Prof. SC, 48 h after injury) (Farina et al., 2012). Their study focused mainly on the RNA-binding proteins that are highly expressed in quiescent satellite cells compared to ASC or Prof. SC. However, Zfp36 was the sole common RNA-binding protein among the three microarray studies. Transcriptional and translational regulation of RNA may be essential for maintaining satellite cells in a dormant state, so quiescent satellite cell-specific expressions of RNA-binding proteins were limited in the three studies. The three microarray studies are summarized in Table 3. In the next sections, we would like to introduce our three “quiescence genes”: Hesr3, calcitonin receptor, and Odz4, with some speculation about their roles.

Table 3. Molecular signatures of quiescent satellite cells identified by three independent studies.
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NOTCH EFFECTOR GENES AND SATELLITE CELLS

Notch signaling is essential for development of diverse tissues (Lai, 2004). When Notch is activated, its intracellular domain is cleaved by γ-secretase and it translocates to the nucleus, where it activates the transcription of target genes through interaction with Rbpj. Rbpj-mediated Notch signaling is known as the canonical pathway, and the families of Hes (hairy and enhancer of split) and Hesr (hes-related, also known as Hey/Herp/Hrt/Chf) are known as primary targets of Notch signaling (Iso et al., 2003; Fischer and Gessler, 2007). Among Hes and Hesr family genes, quiescent satellite cells specifically and highly express Hesr3 in skeletal muscle. Quiescent satellite cells also express Hesr1. However, Hesr1 is not included in the ‘quiescence genes’ because endothelial cells in skeletal muscle, as well as other tissues, express Hesr1. In addition, when primary myoblasts or C2C12 are stimulated with Delta-like 1 or 4, respectively, Hesr1 and Hesr3 are induced in both types of cells (Buas et al., 2009; Fukada et al., 2011). Therefore, Hesr1 and Hesr3 seem to be the major downstream targets of Notch signaling in adult satellite cells (Yamaguchi and Fukada, 2013).

The roles of Notch signaling are powerful and complicated because it has opposite effects on some lineage cells. In myogenic cells, Notch signaling has two roles: one is inducing myogenic commitment and the other is inhibiting myogenesis. Dezawa et al. produced myogenic cells from bone marrow stromal cells via the transient activation of Notch signaling in the processes (Dezawa et al., 2005). Rios et al. reported that neural crest-derived delta-like 1 transiently activates Notch signaling in cells located in the medial border of the dermomyotome and that this event is essential for the induction of both Myf5 and MyoD in them (Rios et al., 2011). They also showed that sustained Notch signaling inhibits myogenic differentiation even in the medial border of the dermomyotome. These results demonstrated that transient Notch signaling works as an inducer of myogenesis. On the other hand, the myogenic inhibitory effect of Notch signaling is extremely well known (Kuroda et al., 1999). Induction of Notch signaling suppresses the expression of MyoD, and myogenic differentiation is strongly inhibited. Hesr1 and Hesr3 also seem to play roles in anti-myogenic differentiation because unusual expressions of MyoD and myogenin were observed in satellite cells derived from Hesr1/Hesr3 double-knockout mice (Fukada et al., 2011). Although Hesr1 or Hesr3 single-knockout mice did not show any defect in skeletal muscle including satellite cells and regenerative potential, Hesr1/Hesr3 double-knockout mice showed a remarkable defect in satellite cells. Therefore, in adult satellite cells, Notch signaling seems to be activated constitutively to work as a myogenic inhibitor.

Vasyutina et al. demonstrated the essential roles of canonical Notch signaling to generate the satellite cell pool during embryonic development using conditional depletion of Rbp-J (Vasyutina et al., 2007). However, in Hesr1/Hesr3 double-knockout mice, most of the satellite cell pool existed in mice by the 7th day after birth. These results suggest that the downstream target of Notch is changed during skeletal muscle development. Using Rbpj-floxed and Pax7-CreERT2 mice, two independent groups reported the essential role of Notch signaling for maintaining satellite cells in an undifferentiated state in mouse adult skeletal muscle (Bjornson et al., 2012; Mourikis et al., 2012). When Rbpj was depleted in satellite cells by injection of tamoxifen, quiescent satellite cells started to express myogenic proteins (MyoD and myogenin) and then fused with myofibers. Although further study of conditional Hesr1/Hesr3 depletion remains to be done, these results suggest that the Notch/Rbp-J/Hesr1/Hesr3 pathway is essential to maintain adult satellite cells in a quiescent and undifferentiated state (Yamaguchi and Fukada, 2013). In Table 2, we summarized the phenotypes of Rbp-J-null and Hesr1/Hesr3-dKO mice in adult skeletal muscle.

Melanocyte, intestinal, and neural stem cells also use canonical Notch signaling for their maintenance (Moriyama et al., 2006; Imayoshi et al., 2010; Pellegrinet et al., 2011). In these three stem cells, Hes1 is the major downstream target of Notch signaling. Although the downstream target of Notch signaling is not conserved, canonical Notch signaling seems to be a common molecular mechanism to maintain stem cells in some adult tissues. Notch signaling is essential for the differentiation of hematopoietic cells, but hematopoietic stem cells do not require Notch signaling for maintenance (Maillard et al., 2008).

As described, Notch signaling seems to be one of the essential signaling pathways for maintaining satellite cells. The activation of Notch signaling is induced by its specific ligands, Dll1, Dll4, and Jagged. Basically, direct cell–cell contact is necessary to induce Notch signaling. Until now, the ligand and its origin for maintaining the satellite cell pool have been unclear. Satellite cells are directly attached to myofibers, and therefore, myofibers may express the ligand. Another possibility is that released ligand activates Notch signaling in satellite cells. Sun et al. indicated that Dll1 can be shed and act on myoblasts in an autocrine manner (Sun et al., 2008). The other possibility is ligand-independent activation of Notch receptors. Sima protein, an ortholog of mammalian hypoxia-inducible factor-α (HIF-α), colocalizes with Notch in endocytic vesicles and enables cleavage of the intracellular domain of Notch in Drosophila blood cells (Mukherjee et al., 2011). Gustafsson et al. also demonstrated that HIF-α interacts with the Notch intracellular domain and promotes the expression of the Notch target genes (Gustafsson et al., 2005). The role of HIF-α in muscle satellite cells is still unknown, but these pathways may be used to activate Notch signaling in adult satellite cells.

NOTCH SIGNALING AND OTHER SIGNALING PATHWAYS

Cross-talk signals between Notch and other pathways in some types of cells are reported. For example, Hes proteins promote Stat3 phosphorylation and activation through association with Jak2 and Stat3 in neuroepithelial cells (Kamakura et al., 2004). BMP and Notch signaling also have synergistic effects. Dahlqvist demonstrated that BMP-induced inhibition of myogenic differentiation requires Notch signaling (Dahlqvist et al., 2003). However, phosphorylation of neither Stat3 nor Smad1/5/8 (downstream targets of BMP signaling) was observed in quiescent satellite cells (Kami and Senba, 2002; Wang et al., 2010). Therefore, these signaling pathways do not seem to work coordinately with Notch signaling to sustain the satellite cell pool, although they might work together to activate or start proliferation of satellite cells because phosphorylated Stat3 nor Smad1/5/8 are observed in activated or proliferating satellite cells.

In endothelial cells, Notch signaling inhibits the phosphorylation of Rb (a driver of cell cycle progression), which leads to a decrease in BrdU uptake (Noseda et al., 2004). Rb is a well-known tumor suppressor gene, and phosphorylation of Rb allows the cell cycle to progress. Hosoyama et al. demonstrated that Rb-conditional depletion increased the number of satellite cells in uninjured muscle (Hosoyama et al., 2011). Therefore, even in quiescent satellite cells, Notch signaling might inhibit the phosphorylation of Rb to suppress cell cycle progression. However, the expression of proliferative markers (Ki67 and phosphorylated histone-H3) was not observed in Rb-cKO satellite cells, as it was in Rbp-J cKO satellite cells. Therefore, these results suggest that Rb-independent quiescence mechanisms are regulated by Notch signaling, which plays roles in maintaining the satellite cell pool in dormant state.

Ge et al. reported that Smad3-null mice had a decreased number of satellite cells (Ge et al., 2011). Using the myogenic cell line C2C12, Blokzijl et al. indicated that TGF-β stimulation induces Hes1 expression in a Notch signaling activation-dependent manner (Blokzijl et al., 2003). Furthermore, Smad3 interacts directly with NICD and binds to the promoter regions of Notch target genes via Rbp-J. Therefore, in quiescent satellite cells, TGF-β and Notch might work cooperatively to sustain the dormant state.

CALCITONIN RECEPTOR AND ODZ4 AND SATELLITE CELLS

Calcitonin is a molecule that is well known to regulate homeostasis of the calcium level in the blood (Becker et al., 2002). Calcitonin is released from the thyroid and works in bone and kidney. The action of calcitonin is mediated by its specific receptor, the calcitonin receptor. The calcitonin receptor is a G-protein-coupled seven transmembrane protein. Expression of calcitonin receptor is well known in osteoclasts, which play essential roles in bone absorption, and results in the release of calcium into the blood. The balance between osteoclasts and osteoblasts is tightly regulated to maintain bone homeostasis. When the balance is tipped toward osteoclasts, the osteoclastic process is accelerated, and osteoporosis occurs. Calcitonin receptor signaling inhibits the function of osteoclasts via protein kinase A (Suzuki et al., 1996); therefore, synthetic calcitonin is used for treatment of osteoporosis. We found specific expression of calcitonin receptors in quiescent satellite cells, but not in activated satellite cells. The expression of calcitonin receptors seems to be specific in quiescent satellite cells because the re-expression of calcitonin receptors during the regenerative process is related to the end of muscle regeneration (Fukada et al., 2007; Yamaguchi et al., 2012). Therefore, these specific expression patterns imply that calcitonin receptors play several roles in maintaining satellite cells in a quiescent state. In fact, we observed that activation of calcitonin receptors by its ligand delays activation of satellite cells in vitro (Fukada et al., 2007). Calcitonin receptor-null mice die in utero, and thus the roles of calcitonin receptors in myogenic lineage cells remain unknown. To reveal the physiological importance of calcitonin receptors in satellite cells, the study of satellite cell-specific deletion of calcitonin receptors is essential, and is one of our most important ongoing investigations.

Although the physiological importance of calcitonin receptors in satellite cells is unclear, Cheung et al. demonstrated that mir-489, which is located in intron 4 of the calcitonin receptor gene, is essential for satellite cell quiescence (Cheung et al., 2012). Mir-489 is also specifically expressed in quiescent satellite cells like calcitonin receptor mRNA. Because coding and non-coding genes are often transcribed simultaneously, transcription of calcitonin receptor genes is tightly regulated in satellite cells, and investigations of calcitonin receptor gene regulation might elucidate the activation or self-renewal mechanism of satellite cells.

Odz is the vertebrate homolog of the Drosophila odd Oz. Odz family proteins belonging to the type II transmembrane protein family (Levine et al., 1994). One member of the Odz family, Odz4, is highly expressed in the central nervous system, developing eyes, and somites (Zhou et al., 2003). In addition, we reported the expression of Odz4 protein in satellite cells (Yamaguchi et al., 2012). The function of Odz4 is little known, but recent reports demonstrated the importance of Odz in oligodendrocyte differentiation and process formation (Suzuki et al., 2012). They also indicated that focal adhesion kinase, a key regulator of cell adhesion, is activated downstream of Odz4. Therefore, in satellite cells, Odz4 might control cell adhesion and/or differentiation. Odz4 and calcitonin receptor are expressed in quiescent satellite cells but not in proliferating myoblasts. Intriguingly, the timings of Odz4 and calcitonin receptor re-expression during skeletal muscle regeneration are different (Yamaguchi et al., 2012). Currently, we do not know the characteristics of Pax7(+)Odz4(+)calcitonin receptor(−) cells, but we have speculated that this type of cell contributes to the maturation of myofibers because the appearance of Pax7(+)Odz4(+)calcitonin receptor(−) cells is observed during maturation of immature myofibers (Figure 2). Like calcitonin receptor genes, the Odz4 intron contains a quiescent satellite cell-specific microRNA, mir-708 (Cheung et al., 2012). The function of mir-708 is also unknown, but the gene expression mechanism of Odz4 might be important for efficient skeletal muscle regeneration.


[image: image]

FIGURE 2. Expressions of calcitonin receptor (CTR) and Odz4 proteins during skeletal muscle regeneration. Pax7+MyoD-CTR-Odz4+ cells are frequently observed during myofiber maturation.



BONE AND SKELETAL MUSCLE MAY USE COMMON MOLECULES FOR MAINTENANCE

Skeletal muscle works as a locomotorium in cooperation with bone. Some diseases or environmental conditions affect both skeletal muscle and bone. For instance, inactivity, as seen in a gravity-free state or bed rest, leads to the loss of muscle weight and bone density. Aging and muscular dystrophy also affect both skeletal muscle and bone states. Duchenne muscular dystrophy patients have low bone mineral density and increased risk of fractures (Bachrach, 2005). Although it has been considered that the bone impairment of DMD patients results from muscle weakness, the bone-skeletal muscle system might have direct regulatory networks via cytokines or exosomes. Otherwise, the bone and skeletal muscle systems use a similar gene network to maintain their homeostasis.

Hesr1/Hesr3 are essential for generation of quiescent satellite cells and to maintain their numbers in adult skeletal muscle. Hesr1/Hesr3 double knock-out mice have other phenotypes besides that of satellite cells. Fischer et al. reported that deletion of both Hesr1 and Hesr3 causes severe heart malformations, including membranous ventricular septal defects and dysplastic atrioventricular and pulmonary valves (Fischer et al., 2007). In addition, Tu et al. demonstrated the essential roles of Hesr1/Hesr3 in osteoblasts (Tu et al., 2012). As is well known, expression of calcitonin receptors in osteoclasts is essential to sustain the homeostasis of bone. Although the physiological importance of calcitonin receptors remains unknown, Hesr1/Hesr3 and calcitonin receptor might be common regulators for both bone and skeletal muscle systems.

QUIESCENCE GENES AND CANCER PROGRESSION

The quiescent state includes two types of cell cycles, reversible and irreversible. Myofibers are mitotically quiescent, and it is an irreversible state. The induction of msx1 in myotubes (which are also irreversibly quiescent) leads to the generation of mononuclear cells that proliferate (Odelberg et al., 2000). This phenomenon is biologically interesting, but myotubes and myofibers do not generate mononuclear cells in a physiological manner. On the other hand, stem cells, including satellite cells, are in a reversible quiescent state. The molecular mechanisms of reversible quiescence are an interest of many investigators. Reversible quiescence is conserved from yeast to human cells to maintain particular cells, including stem cells, in the body. Uncontrolled reversible quiescence mechanisms can lead to cancer. Intriguingly, Spry1, Notch3, Cebpb, calcitonin receptor, and Odz4 are reported to relate to cancer cells (Wang et al., 1999; Kwabi-Addo et al., 2004; Thomas and Shah, 2005; Park et al., 2006). Cell cycle inhibitors (cyclin-dependent kinase inhibitors) are highly expressed in stem cells, and their breakdown leads to abnormal cell cycle regulation and results in cancer development. Sang et al. indicated that Hes1 is a key transcriptional factor for reversible cellular quiescence in human fibroblasts (Sang et al., 2008). The authors also showed that Hes1 allows human rhabdomyosarcoma cells to evade differentiation and irreversible cycle arrest. As described above, melanocyte stem cells, intestinal stem cells, and neural stem cells require Hes1 downstream of Notch signaling to maintain their pool. Therefore, elucidation of the quiescence mechanisms of stem cells, including satellite cells, will shed light on the principle of the quiescent state, and may lead to the discovery of new therapeutic targets for cancers.

RELATIONSHIP BETWEEN SATELLITE CELLS AND MUSCLE DISORDERS

Muscular dystrophies are the best known muscle disorders, and investigations of them have been central to exploring skeletal muscle biology. The loss of satellite cell numbers and function is considered to be one reason why many muscular dystrophies exhibit progressive symptoms. Besides muscular dystrophies, there are many muscle disorders that exhibit a relationship with impairments of satellite cells. In addition, some reports have shown the direct contribution of satellite cells to the disease condition. For instance, the appearance of fibrosis and adipocytes had been considered to be due to satellite cell transdifferentiation into fibroblasts and adipocytes (Asakura et al., 2001; Li et al., 2004; Alexakis et al., 2007). However, recent studies have demonstrated that satellite cells cannot differentiate into adipocytes and fibroblasts (Joe et al., 2010; Uezumi et al., 2010, 2011; Starkey et al., 2011). Consistent with these observations, Crist et al. clarified that satellite cells are committed progenitor cells especially linked to myogenic cells (Crist et al., 2012). In this section, we will focus on the relationship between satellite cell myogenic potential and disease progression in three muscle disorders and discuss the contribution of satellite cell function to these disorders.

DIFFERENCE BETWEEN HUMAN MUSCULAR DYSTROPHY AND MOUSE MODEL

Duchenne muscular dystrophy (DMD) is a well-known inherited muscular disorder, and the causative gene, Dystrophin, is coded in the X-chromosome (Koenig et al., 1988). Patients exhibit progressive symptoms, and histologically, accumulation of fibrosis and adipocytes and loss of myofibers are observed. The Dystrophin gene encodes a 427-kDa cytoskeletal protein that forms the dystrophin/glycoprotein complex at the sarcolemma with α- and β-dystroglycans, α-, β-, γ-, ε-, and δ-sarcoglycans, and other molecules, and links the cytoskeleton proteins of myofibers to the extracellular matrix in skeletal muscle (Ervasti and Campbell, 1993). It is supposed that the loss of dystrophin leads to the degeneration of myofibers due to a disturbance in assembly of the dystrophin/glycoprotein complex.

The mdx mouse (the correct nomenclature is C57BL/10-DMDmdx) is the most widely used model animal of DMD (Bulfield et al., 1984). Although mdx mice have a mutation in the dystrophin gene and show degeneration of myofibers, the symptoms of mdx mice are remarkably milder than those of DMD patients. In contrast with DMD patients, accumulation of fat and fibrosis in mdx mice are barely observed except in the diaphragm, and neither myofibers nor muscle weight are lost throughout much of their life span. One reason for the difference between DMD and mdx is explained by the excellent regeneration capacity of mdx compared with DMD. However, mdx mice carrying another strain background (DBA/2) show similar phenotypes to humans; loss of muscle weight, increased fibrosis, accumulation of adipocytes, and decreased muscle force (Fukada et al., 2010). Intriguingly, satellite cell functions of DBA/2 also differ from those of C57BL/6 mice. Therefore, one of reason for the severe phenotype of DBA/2-mdx seems to be inferior function of satellite cells compared to C57BL/10-mdx.

The life spans of mice and humans are completely different. In humans, long-term proliferation of satellite cells might be necessary. However, the human telomere is much shorter than that of the mouse. Based on this, Sacco et al. hypothesized that the longer telomere allows satellite cells to proliferate repeatedly in mice. To elucidate this hypothesis, they generated mdx mice lacking the RNA component of telomerase (mdx/mTR) and demonstrated that mdx/mTR mice exhibit severe muscular dystrophy and a decrease in the loss of satellite cell proliferation (Sacco et al., 2010). The phenotypes of DBA/2-mdx are unlikely dependent on the telomere erosion because DBA/2 mice have longer telomeres than C57BL/6 (Manning et al., 2002). These results indicate that the differences between human and mouse models depend on several functions of satellite cells: one is telomere length, but the other factors are unknown.

Other dystrophic mouse models, gamma-sarcoglycan-null mice, also depend on the mouse genetic background, and DBA/2-background mice exhibit the most severe phenotype of the strains examined (Heydemann et al., 2005). Intriguingly, the aged phenotype of DBA/2 is much more severe than that of C57BL/6 (Lionikas et al., 2006). In addition, the low reconstitution potential of the DBA/2-strain is not restricted to skeletal muscle. DBA/2-derived hematopoietic stem cells (HSCs) show low reconstitution, and Liang et al. revealed the gene, latexin, responsible for this phenotype (Liang et al., 2007). These results suggest that similar analyses will also lead to the discovery of genes responsible for skeletal muscle satellite cells, which may lead to the discovery of a new therapeutic methodology for muscular disorders.

MUSCULAR DYSTROPHY AND SATELLITE CELLS

Conceptually, exhaustion of the satellite cell pool leads to the progression of muscular dystrophy. In fact, the loss of proliferative potential was observed in myoblasts derived from DMD patients (Blau et al., 1983b). One of our surprising findings was that quiescent satellite cells showed high expressions of dystrophin and dystroglycan genes compared to myoblasts (Fukada et al., 2007). Both dystrophin and dystroglycan have been considered essential proteins for stability of the myofiber membrane (sarcolemma), and it is well known that the lack of these genes leads to muscular dystrophies. The roles of these genes in satellite cells are still unknown, but these genes might be essential for cell adhesion and stability of satellite cells as well as myofibers.

Recently, Kanagawa et al. showed a functional defect of myogenic cells in the mouse model of Fukuyama-type congenital muscular dystrophy, which is caused by an ancient retrotransposal insertion in the Fukutin gene (Kobayashi et al., 1998; Kanagawa et al., 2013). Interestingly, fukutin-deficient myoblasts showed a significantly low potential for myotube formation, even myoblasts that originated from mice that had not started to exhibit a dystrophic phenotype. These results indicate that fukutin is necessary for myotube formation; therefore, efficient regeneration is likely to be impaired in Fukuyama-type muscular dystrophy. In addition, lamin A/C and emerin, which are expressed in quiescent satellite cells, are known as causal genes for autosomal-Emery-Dreifuss muscular dystrophy (A-EDMD) (Bonne et al., 1999) and X-EDMD (Bione et al., 1994), respectively. Therefore, some causative genes for muscular dystrophy may affect satellite cells and/or their daughter cells directly, which might determine the severity of symptoms (Gnocchi et al., 2008).

SARCOPENIA AND SATELLITE CELLS

Current progress and improvement of medical treatment prolong lives, but aging-related physical morbidity is becoming a social problem. Normal skeletal muscle also faces these problems. Most of us exhibit drastic deterioration of performance with age. One cause is sarcopenia, which is linked to the loss of muscle mass and function. Sarcopenia is inevitable, and likely to contribute to the decline of muscle strength and ability to maintain daily activities. Some researchers define sarcopenia as “an appendicular muscle mass/height2 less than two standard deviations below the mean for that of a young healthy adult” (Iannuzzi-Sucich et al., 2002). According to this definition, the percentage of elderly suffering from sarcopenia has reached 10–25% or more (Baumgartner et al., 1999). In light of this severe phenomenon and the tendency of the global geriatric population to increase in number, sarcopenia will become a social problem. Besides sarcopenia, there are other muscle disorders accompanying the loss of muscle mass, known as atrophies. However, sarcopenia can be distinguished from other types of muscle atrophy by a decrease in the number of myofibers. Myofiber formation is based on the fusion of a large number of myoblasts (Moss and Leblond, 1970; Hawke and Garry, 2001) and requires the participation of satellite cells in the regenerative process of myofibers; a relationship between satellite cells and sarcopenia is possible, although it still remains controversial. Trendelenburg et al. demonstrated that TAK-1/p38/nNF-κB signaling pathway inhibits myoblast differentiation by increasing the level of activin A (Trendelenburg et al., 2012). Upregulation of TNF-1α and IL-1β is reported in sarcopenia, and they drive TAK-1/p38/nNF-κB. The NF-κB pathway is well known as an inducer of muscle atrophy (Cai et al., 2004). Therefore, the NF-κB pathway might be activated in both satellite cells and myofibers, which leads to suppression of myogenic differentiation and atrophy in myofibers.

In sarcopenia, direct contributions by the satellite cell pool are proposed because many studies have demonstrated the loss of satellite cell pools throughout the aging period. In contrast, some reports indicate that the number of satellite cells in muscle of elderly rats and mice is unchanged. Although it has not been fully elucidated, the discrepancy is likely to be connected to a difference in the muscle tissues analyzed (e.g., levator, soleus, vastus lateralis, and tibialis anterior, etc.) (Gibson and Schultz, 1983; Nnodim, 2000; Brack et al., 2005; Schafer et al., 2005). Based on the fact that sarcopenia mainly presents a decline in type 2 muscle fibers, some researchers have confirmed the observation of a 45% reduction in satellite cell numbers in type 2 muscle fibers in old (76 ± 1 years) vs. young (20 ± 1 years) populations (Verdijk et al., 2007). In addition, several available tests demonstrate that activated satellite cells can partially counter sarcopenia (Cutlip et al., 2009; Snijders et al., 2009; Aagaard et al., 2010). These backgrounds contribute to the maximal connection between satellite cells and sarcopenia. Intriguingly, DBA/2 strain mice exhibit a more remarkable loss of muscle mass than C57BL/6 mice, and the satellite cell pool of DBA/2 is reduced earlier in their life span than that of C57BL/6 (our unpublished data). As described in the previous section, DBA/2 satellite cells are inferior to those of C57BL/6 mice, and therefore, the investigation of DBA/2-satellite cells might lead to discovery of the central pathway for the maintenance of satellite cell pool throughout life.

CANCER CACHEXIA AND SATELLITE CELLS

Some cancers induce the loss of body weight. A decrease beyond 5% of body weight in 12 months or less can be defined as cancer cachexia. Because skeletal muscle mass occupies about 40% of body weight, cancer cachexia is generally associated with the loss of muscle weight. Although the molecular mechanism evoking muscle atrophy in cancer cachexia patients remains largely unknown, some studies have begun to reveal the molecular mechanisms of cancer cachexia. Acharyya et al. indicated that dysfunction of dystrophin in a cancer cachexia mouse model leads to weakness of the myofiber membrane (Acharyya et al., 2005). The membrane structure of myofibers is considered an important element for maintaining the satellite cell pool, and therefore, there is a possibility that a change in the myofiber membrane affects satellite cells. In fact, Penna et al. found an increased number of satellite cells in cancer cachexia model mice (Penna et al., 2010). Further, up-regulation of TNF-α and IL-6 in cachexia patients and animal models is well known. Although the relationship between these cytokines and muscle wasting is unclear, these cytokines inhibit muscle differentiation (Coletti et al., 2002, 2005; Guttridge, 2004). Zhou indicated that activation of ActRIIB (receptor for activin and myostatin) contributes to the loss of mass in cancer cachexia model mice and that an ActRIIB antagonist may be a therapeutic approach to the treatment of cancer cachexia (Zhou et al., 2010). As described for sarcopenia, the ActRII signaling pathway inhibits myogenic differentiation. Based on this information, it is possible to hypothesize that cancer cachexia involves satellite cell dysfunctions. In this case, satellite cells may be directly targeted for the treatment of cancer cachexia, and a molecular mechanism for regulation of satellite cells may solve this problem in the near future. In addition, recently it was reported that muscle stromal cells (PDGFRa+ cells, which are considered to be mesenchymal progenitors) are essential to sustain muscle mass (Roberts et al., 2013). Depletion of muscle stromal cells leads to the loss of muscle mass, and cancer cachexia induced a decrease in the number of muscle stromal cells. Therefore, muscle mesenchymal progenitors might be also a direct target of cancer cachexia as well as muscle satellite cells and myofibers.

FUTURE STRATEGIES FOR STEM CELL RESEARCH TO TREAT MUSCLE DISORDERS

Satellite cells undoubtedly have the best potential to produce new myofibers in vivo. However, there are obstacles to overcome. One problem is the low migration potential of satellite cells. Most muscular dystrophy patients have dystrophic symptoms in systemic skeletal muscles; therefore, satellite cells have to be transplanted via blood vessels. Unfortunately, satellite cells cannot cross blood vessels, so the use of satellite cells is considered limited to the relatively localized muscle diseases such as oculopharyngeal muscular dystrophy (OPMD). Recently, Cappellari et al. reported that Dll4 and PDGFβ signals convert myogenic cells to pericyte-like cells without erasing their myogenic memory (Cappellari et al., 2013). Unlike satellite cells, pericytes can cross blood vessel walls and migrate into skeletal muscle tissue (Dellavalle et al., 2007). Therefore, satellite cells might acquire the ability to cross blood vessels and form myofibers by using the methodology.

Another problem is the difficulty of obtaining large numbers of satellite cells from a donor. In addition, expansion of satellite cells in vitro reduces their regenerative activity, as described above (Montarras et al., 2005; Ikemoto et al., 2007). However, several studies have shed light on ways to improve the culture system. Gilbert et al. indicated the importance of substrate elasticity in sustaining satellite cell function in vitro (Gilbert et al., 2010). Notch ligand stimulation also allows the expansion of satellite cells without a decrease in vivo regenerative potential (Parker et al., 2012). As described above, recent studies have indicated that Notch signaling is one of the essential signaling pathways to maintain satellite cells. The reason why Notch signals improve myogenic cell transplantation is unknown, but one possibility is the down-regulation of MyoD. Asakura et al. demonstrated that the survival of MyoD-null mice-derived myoblasts is superior to that of wild-type myoblasts (Asakura et al., 2007). The authors also showed that many anti-apoptotic genes were up-regulated in MyoD-null myoblasts, whereas genes known to execute apoptosis were down-regulated. The relationship between Notch and MyoD in an improved protocol for myogenic cell transplantation must be revealed for realization of satellite cell therapy for DMD patients because Notch signaling also affects cell cycle genes in satellite cells.

Another source of cells for therapy for muscle disorders is iPS cell-derived myogenic cells (Mizuno et al., 2010; Darabi et al., 2012). A method to produce myogenic cells from iPS cells, which have some of the same features as satellite cells, might solve the problem of cell numbers. Because satellite cells are mitotically quiescent, we need to generate proliferating myogenic cells that have myogenic potential similar to satellite cells. The myogenic cell appearing in embryonic and neonatal developmental stages is one model candidate for a myogenic progenitor derived from iPS cells. However, Sakai et al. compared the regenerative potential of fetal and adult satellite cells, and found that adult satellite cells are superior to fetal satellite cells (Sakai et al., 2013). Researchers have just begun to understand the satellite cell on the molecular level. For the development of satellite cell-like cells from iPS cells, we need to understand the process of generating satellite cells during development as well as regeneration. Relaix et al. observed that Pax3(+)Pax7(+) cells derived from the central region of the dermomyotome are the origin of satellite cells (Relaix et al., 2005). In addition, satellite cells express MyoD during this process (Kanisicak et al., 2009). The Notch signaling pathway perhaps down-regulates MyoD to generate the satellite cell pool. However, before they become myogenin(+) cells, we cannot anticipate the destiny of MyoD(+) myogenic cells during the development and regeneration processes. One of the most important questions is how the satellite cell pool is established during embryonic and postnatal development. Understanding this will lead to success in the generation of satellite cell-like cells from iPS cells.

The physiological self-renewal mechanism of satellite cells during regeneration must also be revealed. Some evidences have indicated an asymmetrical model of self-renewal of satellite cells (Conboy and Rando, 2002; Shinin et al., 2006; Kuang et al., 2007). Wnt7a signaling promotes symmetrical division of Myf5- satellite cells and ameliorates the mdx phenotype (Le Grand et al., 2009; von Maltzahn et al., 2012). Elucidation of these processes may also lead to successful generation of satellite cell-like cells from iPS cells. Taken together, in either case (satellite cells or iPS cells), the molecular mechanisms for both generation, maintenance, and self-renewal of satellite cells must be revealed to attain our goal.

In addition, another mechanism must be understood for the successful cell transplantation for muscle disorders. To date, we have not paid attention to the fusion process between transplanted cells and myofibers. When donor cells are transplanted, they have to cross the basal lamina and fuse with myofibers. Horsley et al. indicated the myotube-myoblast fusion process requires IL4/IL-4R signaling mediated by NFATc2 (Horsley et al., 2003). However, the structure, functions, and gene expressions of myotubes differ remarkably from those of myofibers. Therefore, we need to consider the process of myoblast-with-myofiber fusion. The identification of such genes will improve the efficiency of satellite cell/iPS-derived myogenic cell therapy.

PROSPECTS

For 10 years, the isolation, characterization, and molecular regulation of satellite cells have been studied, and accumulating evidence is starting to reveal the molecular mechanisms for maintaining the satellite cell pool. In addition, recent studies are beginning to identify the roles of satellite cells in several different disorders. For instance, McCarthy et al. indicated that acute hypertrophy is not dependent on satellite cells (McCarthy et al., 2011). On the other hand, acute and chronic regenerations are required to fulfill the potential of satellite cells. These results indicate that not all muscle-related disorders depend on satellite cell function. In the aging process, the dependence on satellite cells is controversial. To develop a new therapeutic approach, we have to understand the contribution of satellite cells to each disease. In sarcopenia research, a Pax7-CreERT2::Rosa-DTA strategy might be useful to elucidate the dependency of satellite cells. In addition, until now, the genes causing muscular dystrophies have only been considered as a function of the sarcolemma in myofibers. However, some of them are expressed in quiescent satellite cells (Cohn et al., 2002; Fukada et al., 2007; Gnocchi et al., 2009). Therefore, they may regulate the quiescence and undifferentiated states of satellite cells, and additional functions of causative genes in satellite cells might explain the severity of each disease.

The generation of iPS cells has assisted the cell therapy approach to many disorders including muscular dystrophy (Takahashi and Yamanaka, 2006; Takahashi et al., 2007). The successful establishment of iPS cells was supported by studies of ES cells. Finding culture conditions that can maintain ES cells in an undifferentiated state is probably the most important contribution to the birth of iPS cells. For cell treatment of muscular disorders, we have at least two choices, satellite cells or iPS-derived myogenic cells. In either case, we would like to reiterate that understanding the molecular mechanisms of muscle satellite cells is essential to accomplish successful myogenic cell therapy.

Skeletal muscle is indispensable for motility. In addition, skeletal muscle has the potential to control other tissues. For instance, Bostrom et al. showed that a skeletal muscle-derived cytokine, irisin, converts white fat cells to brown fat-like cells (Bostrom et al., 2012). The relationship between exercise and immune function is a well-known open window theory (Nieman and Pedersen, 1999). Thus, skeletal muscle itself might be a therapeutic target for other diseases like diabetes. Much still remains to be revealed about striated muscle, but striated muscle might have many powers to control unanticipated physiologies. We hope that the study of satellite cells will open new doors of striated muscle biology and lead to a recovery of muscle power in muscle disorder patients.

ACKNOWLEDGMENTS

We thank Katherine Ono for reading this manuscript. Our work was supported by JSPS KAKENHI grant (18800023 to So-ichiro Fukada), MEXT KAKENHI grant (20700358 to So-ichiro Fukada), Intramural Research Grant (22-1 to So-ichiro Fukada) for Neurological and Psychiatric Disorders of NCNP, the Nakatomi Foundation (to So-ichiro Fukada).

REFERENCES

 Aagaard, P., Suetta, C., Caserotti, P., Magnusson, S. P., and Kjaer, M. (2010). Role of the nervous system in sarcopenia and muscle atrophy with aging: strength training as a countermeasure. Scand. J. Med. Sci. Sports 20, 49–64. doi: 10.1111/j.1600-0838.2009.01084.x

 Acharyya, S., Butchbach, M. E., Sahenk, Z., Wang, H., Saji, M., Carathers, M., et al. (2005). Dystrophin glycoprotein complex dysfunction: a regulatory link between muscular dystrophy and cancer cachexia. Cancer Cell 8, 421–432. doi: 10.1016/j.ccr.2005.10.004

 Alexakis, C., Partridge, T., and Bou-Gharios, G. (2007). Implication of the satellite cell in dystrophic muscle fibrosis: a self-perpetuating mechanism of collagen overproduction. Am. J. Physiol. Cell. Physiol. 293, C661–C669. doi: 10.1152/ajpcell.00061.2007

 Angione, A. R., Jiang, C., Pan, D., Wang, Y. X., and Kuang, S. (2011). PPARdelta regulates satellite cell proliferation and skeletal muscle regeneration. Skeletal Muscle 1, 33. doi: 10.1186/2044-5040-1-33

 Asakura, A., Hirai, H., Kablar, B., Morita, S., Ishibashi, J., Piras, B. A., et al. (2007). Increased survival of muscle stem cells lacking the MyoD gene after transplantation into regenerating skeletal muscle. Proc. Natl. Acad. Sci. U.S.A. 104, 16552–16557. doi: 10.1073/pnas.0708145104

 Asakura, A., Komaki, M., and Rudnicki, M. (2001). Muscle satellite cells are multipotential stem cells that exhibit myogenic, osteogenic, and adipogenic differentiation. Differentiation 68, 245–253. doi: 10.1046/j.1432-0436.2001.680412.x

 Asakura, A., and Rudnicki, M. A. (2002). Side population cells from diverse adult tissues are capable of in vitro hematopoietic differentiation. Exp. Hematol. 30, 1339–1345. doi: 10.1016/S0301-472X(02)00954-2

 Asakura, A., Seale, P., Girgis-Gabardo, A., and Rudnicki, M. A. (2002). Myogenic specification of side population cells in skeletal muscle. J. Cell Biol. 159, 123–134. doi: 10.1083/jcb.200202092

 Bachrach, L. K. (2005). Taking steps towards reducing osteoporosis in Duchenne muscular dystrophy. Neuromuscul. Disord. 15, 86–87. doi: 10.1016/j.nmd.2004.10.011

 Baumgartner, R. N., Waters, D. L., Gallagher, D., Morley, J. E., and Garry, P. J. (1999). Predictors of skeletal muscle mass in elderly men and women. Mech. Ageing Dev. 107, 123–136. doi: 10.1016/S0047-6374(98)00130-4

 Beauchamp, J. R., Heslop, L., Yu, D. S., Tajbakhsh, S., Kelly, R. G., Wernig, A., et al. (2000). Expression of CD34 and Myf5 defines the majority of quiescent adult skeletal muscle satellite cells. J. Cell Biol. 151, 1221–1234. doi: 10.1083/jcb.151.6.1221

 Becker, K., Muller, B., Nylen, E., Cohen, R., White, J., and Snider, J. (2002). Calcitonin Gene Family of Peptides, 2nd Edn. Vol. 1, (New York, NY: Academic Press).

 Bione, S., Maestrini, E., Rivella, S., Mancini, M., Regis, S., Romeo, G., et al. (1994). Identification of a novel X-linked gene responsible for Emery-Dreifuss muscular dystrophy. Nat. Genet. 8, 323–327. doi: 10.1038/ng1294-323

 Bjornson, C. R., Cheung, T. H., Liu, L., Tripathi, P. V., Steeper, K. M., and Rando, T. A. (2012). Notch Signaling is Necessary to Maintain Quiescence in Adult Muscle Stem Cells. Stem Cells 30, 232–242. doi: 10.1002/stem.773

 Blanco-Bose, W. E., Yao, C. C., Kramer, R. H., and Blau, H. M. (2001). Purification of mouse primary myoblasts based on alpha 7 integrin expression. Exp. Cell Res. 265, 212–220. doi: 10.1006/excr.2001.5191

 Blau, H. M., Chiu, C. P., and Webster, C. (1983a). Cytoplasmic activation of human nuclear genes in stable heterocaryons. Cell 32, 1171–1180. doi: 10.1016/0092-8674(83)90300-8

 Blau, H. M., Webster, C., and Pavlath, G. K. (1983b). Defective myoblasts identified in Duchenne muscular dystrophy. Proc. Natl. Acad. Sci. U.S.A. 80, 4856–4860. doi: 10.1073/pnas.80.15.4856

 Blokzijl, A., Dahlqvist, C., Reissmann, E., Falk, A., Moliner, A., Lendahl, U., et al. (2003). Cross-talk between the Notch and TGF-beta signaling pathways mediated by interaction of the Notch intracellular domain with Smad3. J. Cell Biol. 163, 723–728. doi: 10.1083/jcb.200305112

 Bonne, G., Di Barletta, M. R., Varnous, S., Becane, H. M., Hammouda, E. H., Merlini, L., et al. (1999). Mutations in the gene encoding lamin A/C cause autosomal dominant Emery-Dreifuss muscular dystrophy. Nat. Genet. 21, 285–288. doi: 10.1038/6799

 Bosnakovski, D., Xu, Z., Li, W., Thet, S., Cleaver, O., Perlingeiro, R. C., et al. (2008). Prospective isolation of skeletal muscle stem cells with a Pax7 reporter. Stem Cells 26, 3194–3204. doi: 10.1634/stemcells.2007-1017

 Bostrom, P., Wu, J., Jedrychowski, M. P., Korde, A., Ye, L., Lo, J. C., et al. (2012). A PGC1-alpha-dependent myokine that drives brown-fat-like development of white fat and thermogenesis. Nature 481, 463–468. doi: 10.1038/nature10777

 Brack, A. S., Bildsoe, H., and Hughes, S. M. (2005). Evidence that satellite cell decrement contributes to preferential decline in nuclear number from large fibres during murine age-related muscle atrophy. J. Cell Sci. 118, 4813–4821. doi: 10.1242/jcs.02602

 Buas, M. F., Kabak, S., and Kadesch, T. (2009). Inhibition of myogenesis by Notch: evidence for multiple pathways. J. Cell Physiol. 218, 84–93. doi: 10.1002/jcp.21571

 Bulfield, G., Siller, W. G., Wight, P. A., and Moore, K. J. (1984). X chromosome-linked muscular dystrophy (mdx) in the mouse. Proc. Natl. Acad. Sci. U.S.A. 81, 1189–1192. doi: 10.1073/pnas.81.4.1189

 Cai, D., Frantz, J. D., Tawa, N. E. Jr., Melendez, P. A., Oh, B. C., Lidov, H. G., et al. (2004). IKKbeta/NF-kappaB activation causes severe muscle wasting in mice. Cell 119, 285–298. doi: 10.1016/j.cell.2004.09.027

 Cappellari, O., Benedetti, S., Innocenzi, A., Tedesco, F. S., Moreno-Fortuny, A., Ugarte, G., et al. (2013). Dll4 and PDGF-BB convert committed skeletal myoblasts to pericytes without erasing their myogenic memory. Dev. Cell 24, 586–599. doi: 10.1016/j.devcel.2013.01.022

 Cashman, N. R., Covault, J., Wollman, R. L., and Sanes, J. R. (1987). Neural cell adhesion molecule in normal, denervated, and myopathic human muscle. Ann. Neurol. 21, 481–489. doi: 10.1002/ana.410210512

 Chakkalakal, J. V., Jones, K. M., Basson, M. A., and Brack, A. S. (2012). The aged niche disrupts muscle stem cell quiescence. Nature 490, 355–360. doi: 10.1038/nature11438

 Chang, H., Yoshimoto, M., Umeda, K., Iwasa, T., Mizuno, Y., Fukada, S., et al. (2009). Generation of transplantable, functional satellite-like cells from mouse embryonic stem cells. FASEB J. 23, 1907–1919. doi: 10.1096/fj.08-123661

 Cheung, T. H., Quach, N. L., Charville, G. W., Liu, L., Park, L., Edalati, A., et al. (2012). Maintenance of muscle stem-cell quiescence by microRNA-489. Nature 482, 524–528. doi: 10.1038/nature10834

 Cohn, R. D., Henry, M. D., Michele, D. E., Barresi, R., Saito, F., Moore, S. A., et al. (2002). Disruption of DAG1 in differentiated skeletal muscle reveals a role for dystroglycan in muscle regeneration. Cell 110, 639–648. doi: 10.1016/S0092-8674(02)00907-8

 Coletti, D., Moresi, V., Adamo, S., Molinaro, M., and Sassoon, D. (2005). Tumor necrosis factor-alpha gene transfer induces cachexia and inhibits muscle regeneration. Genesis 43, 120–128. doi: 10.1002/gene.20160

 Coletti, D., Yang, E., Marazzi, G., and Sassoon, D. (2002). TNFalpha inhibits skeletal myogenesis through a PW1-dependent pathway by recruitment of caspase pathways. EMBO J. 21, 631–642. doi: 10.1093/emboj/21.4.631

 Collins, C. A., Olsen, I., Zammit, P. S., Heslop, L., Petrie, A., Partridge, T. A., et al. (2005). Stem cell function, self-renewal, and behavioral heterogeneity of cells from the adult muscle satellite cell niche. Cell 122, 289–301. doi: 10.1016/j.cell.2005.05.010

 Conboy, I. M., and Rando, T. A. (2002). The regulation of Notch signaling controls satellite cell activation and cell fate determination in postnatal myogenesis. Dev. Cell 3, 397–409. doi: 10.1016/S1534-5807(02)00254-X

 Cornelison, D. D., Filla, M. S., Stanley, H. M., Rapraeger, A. C., and Olwin, B. B. (2001). Syndecan-3 and syndecan-4 specifically mark skeletal muscle satellite cells and are implicated in satellite cell maintenance and muscle regeneration. Dev. Biol. 239, 79–94. doi: 10.1006/dbio.2001.0416

 Crist, C. G., Montarras, D., and Buckingham, M. (2012). Muscle satellite cells are primed for myogenesis but maintain quiescence with sequestration of Myf5 mRNA targeted by microRNA-31 in mRNP granules. Cell Stem Cell 11, 118–126. doi: 10.1016/j.stem.2012.03.011

 Cutlip, R. G., Baker, B. A., Hollander, M., and Ensey, J. (2009). Injury and adaptive mechanisms in skeletal muscle. J. Electromyogr. Kinesiol. 19, 358–372. doi: 10.1016/j.jelekin.2008.06.007

 Dahlqvist, C., Blokzijl, A., Chapman, G., Falk, A., Dannaeus, K., Ibanez, C. F., et al. (2003). Functional Notch signaling is required for BMP4-induced inhibition of myogenic differentiation. Development 130, 6089–6099. doi: 10.1242/dev.00834

 Darabi, R., Arpke, R. W., Irion, S., Dimos, J. T., Grskovic, M., Kyba, M., et al. (2012). Human ES- and iPS-derived myogenic progenitors restore DYSTROPHIN and improve contractility upon transplantation in dystrophic mice. Cell Stem Cell 10, 610–619. doi: 10.1016/j.stem.2012.02.015

 Dellavalle, A., Sampaolesi, M., Tonlorenzi, R., Tagliafico, E., Sacchetti, B., Perani, L., et al. (2007). Pericytes of human skeletal muscle are myogenic precursors distinct from satellite cells. Nat. Cell Biol. 9, 255–267. doi: 10.1038/ncb1542

 Dezawa, M., Ishikawa, H., Itokazu, Y., Yoshihara, T., Hoshino, M., Takeda, S., et al. (2005). Bone marrow stromal cells generate muscle cells and repair muscle degeneration. Science 309, 314–317. doi: 10.1126/science.1110364

 Ervasti, J. M., and Campbell, K. P. (1993). A role for the dystrophin-glycoprotein complex as a transmembrane linker between laminin and actin. J. Cell Biol. 122, 809–823. doi: 10.1083/jcb.122.4.809

 Farina, N. H., Hausburg, M., Betta, N. D., Pulliam, C., Srivastava, D., Cornelison, D., et al. (2012). A role for RNA post-transcriptional regulation in satellite cell activation. Skeletal Muscle 2, 21. doi: 10.1186/2044-5040-2-21

 Ferrari, G., Cusella-De Angelis, G., Coletta, M., Paolucci, E., Stornaiuolo, A., Cossu, G., et al. (1998). Muscle regeneration by bone marrow-derived myogenic progenitors. Science 279, 1528–1530. doi: 10.1126/science.279.5356.1528

 Fischer, A., and Gessler, M. (2007). Delta-Notch–and then? Protein interactions and proposed modes of repression by Hes and Hey bHLH factors. Nucleic Acids Res. 35, 4583–4596. doi: 10.1093/nar/gkm477

 Fischer, A., Steidl, C., Wagner, T. U., Lang, E., Jakob, P. M., Friedl, P., et al. (2007). Combined loss of Hey1 and HeyL causes congenital heart defects because of impaired epithelial to mesenchymal transition. Circ. Res. 100, 856–863. doi: 10.1161/01.RES.0000260913.95642.3b

 Freter, R., Osawa, M., and Nishikawa, S. (2010). Adult stem cells exhibit global suppression of RNA polymerase II serine-2 phosphorylation. Stem Cells 28, 1571–1580. doi: 10.1002/stem.476

 Fukada, S., Higuchi, S., Segawa, M., Koda, K., Yamamoto, Y., Tsujikawa, K., et al. (2004). Purification and cell-surface marker characterization of quiescent satellite cells from murine skeletal muscle by a novel monoclonal antibody. Exp. Cell Res. 296, 245–255. doi: 10.1016/j.yexcr.2004.02.018

 Fukada, S., Miyagoe-Suzuki, Y., Tsukihara, H., Yuasa, K., Higuchi, S., Ono, S., et al. (2002). Muscle regeneration by reconstitution with bone marrow or fetal liver cells from green fluorescent protein-gene transgenic mice. J. Cell Sci. 115, 1285–1293.

 Fukada, S., Morikawa, D., Yamamoto, Y., Yoshida, T., Sumie, N., Yamaguchi, M., et al. (2010). Genetic background affects properties of satellite cells and mdx phenotypes. Am. J. Pathol. 176, 2414–2424. doi: 10.2353/ajpath.2010.090887

 Fukada, S., Uezumi, A., Ikemoto, M., Masuda, S., Segawa, M., Tanimura, N., et al. (2007). Molecular signature of quiescent satellite cells in adult skeletal muscle. Stem Cells 25, 2448–2459. doi: 10.1634/stemcells.2007-0019

 Fukada, S., Yamaguchi, M., Kokubo, H., Ogawa, R., Uezumi, A., Yoneda, T., et al. (2011). Hesr1 and Hesr3 are essential to generate undifferentiated quiescent satellite cells and to maintain satellite cell numbers. Development 138, 4609–4619. doi: 10.1242/dev.067165

 Gamell, C., Osses, N., Bartrons, R., Ruckle, T., Camps, M., Rosa, J. L., et al. (2008). BMP2 induction of actin cytoskeleton reorganization and cell migration requires PI3-kinase and Cdc42 activity. J. Cell Sci. 121, 3960–3970. doi: 10.1242/jcs.031286

 Ge, X., McFarlane, C., Vajjala, A., Lokireddy, S., Ng, Z. H., Tan, C. K., et al. (2011). Smad3 signaling is required for satellite cell function and myogenic differentiation of myoblasts. Cell Res. 21, 1591–1604. doi: 10.1038/cr.2011.72

 Gibson, M. C., and Schultz, E. (1983). Age-related differences in absolute numbers of skeletal muscle satellite cells. Muscle Nerve 6, 574–580. doi: 10.1002/mus.880060807

 Gilbert, P. M., Havenstrite, K. L., Magnusson, K. E., Sacco, A., Leonardi, N. A., Kraft, P., et al. (2010). Substrate elasticity regulates skeletal muscle stem cell self-renewal in culture. Science 329, 1078–1081. doi: 10.1126/science.1191035

 Gnocchi, V. F., Ellis, J. A., and Zammit, P. S. (2008). Does satellite cell dysfunction contribute to disease progression in Emery-Dreifuss muscular dystrophy? Biochem. Soc. Trans. 36, 1344–1349. doi: 10.1042/BST0361344

 Gnocchi, V. F., White, R. B., Ono, Y., Ellis, J. A., and Zammit, P. S. (2009). Further characterisation of the molecular signature of quiescent and activated mouse muscle satellite cells. PLoS ONE 4:e5205. doi: 10.1371/journal.pone.0005205

 Gussoni, E., Soneoka, Y., Strickland, C. D., Buzney, E. A., Khan, M. K., Flint, A. F., et al. (1999). Dystrophin expression in the mdx mouse restored by stem cell transplantation. Nature 401, 390–394. doi: 10.1038/43919

 Gustafsson, M. V., Zheng, X., Pereira, T., Gradin, K., Jin, S., Lundkvist, J., et al. (2005). Hypoxia requires notch signaling to maintain the undifferentiated cell state. Dev. Cell 9, 617–628. doi: 10.1016/j.devcel.2005.09.010

 Guttridge, D. C. (2004). Signaling pathways weigh in on decisions to make or break skeletal muscle. Curr. Opin. Clin. Nutr. Metab. Care 7, 443–450. doi: 10.1097/01.mco.0000134364.61406.26

 Hawke, T. J., and Garry, D. J. (2001). Myogenic satellite cells: physiology to molecular biology. J. Appl. Physiol. 91, 534–551.

 Heydemann, A., Huber, J. M., Demonbreun, A., Hadhazy, M., and McNally, E. M. (2005). Genetic background influences muscular dystrophy. Neuromuscul. Disord. 15, 601–609. doi: 10.1016/j.nmd.2005.05.004

 Horsley, V., Jansen, K. M., Mills, S. T., and Pavlath, G. K. (2003). IL-4 acts as a myoblast recruitment factor during mammalian muscle growth. Cell 113, 483–494. doi: 10.1016/S0092-8674(03)00319-2

 Hosoyama, T., Nishijo, K., Prajapati, S. I., Li, G., and Keller, C. (2011). Rb1 gene inactivation expands satellite cell and postnatal myoblast pools. J. Biol. Chem. 286, 19556–19564. doi: 10.1074/jbc.M111.229542

 Iannuzzi-Sucich, M., Prestwood, K. M., and Kenny, A. M. (2002). Prevalence of sarcopenia and predictors of skeletal muscle mass in healthy, older men and women. J. Gerontol. A Biol. Sci. Med. Sci. 57, M772–M777. doi: 10.1093/gerona/57.12.M772

 Ikemoto, M., Fukada, S., Uezumi, A., Masuda, S., Miyoshi, H., Yamamoto, H., et al. (2007). Autologous transplantation of SM/C-2.6(+) satellite cells transduced with micro-dystrophin CS1 cDNA by lentiviral vector into mdx mice. Mol. Ther. 15, 2178–2185. doi: 10.1038/sj.mt.6300295

 Imayoshi, I., Sakamoto, M., Yamaguchi, M., Mori, K., and Kageyama, R. (2010). Essential roles of Notch signaling in maintenance of neural stem cells in developing and adult brains. J. Neurosci. 30, 3489–3498. doi: 10.1523/JNEUROSCI.4987-09.2010

 Irintchev, A., Zeschnigk, M., Starzinski-Powitz, A., and Wernig, A. (1994). Expression pattern of M-cadherin in normal, denervated, and regenerating mouse muscles. Dev. Dyn. 199, 326–337. doi: 10.1002/aja.1001990407

 Iso, T., Kedes, L., and Hamamori, Y. (2003). HES and HERP families: multiple effectors of the Notch signaling pathway. J. Cell Physiol. 194, 237–255. doi: 10.1002/jcp.10208

 Israeli, D., Ziaei, S., Gjata, B., Benchaouir, R., Rameau, P., Marais, T., et al. (2007). Expression of mdr1 is required for efficient long term regeneration of dystrophic muscle. Exp. Cell Res. 313, 2438–2450. doi: 10.1016/j.yexcr.2007.02.036

 Ito, T., Ogawa, R., Uezumi, A., Ohtani, T., Watanabe, Y., Tsujikawa, K., et al. (2013). Imatinib attenuates severe mouse dystrophy and inhibits proliferation and fibrosis-marker expression in muscle mesenchymal progenitors. Neuromuscul. Disord. 23, 349–356. doi: 10.1016/j.nmd.2012.10.025

 Jackson, K. A., Mi, T., and Goodell, M. A. (1999). Hematopoietic potential of stem cells isolated from murine skeletal muscle. Proc. Natl. Acad. Sci. U.S.A. 96, 14482–14486. doi: 10.1073/pnas.96.25.14482

 Joe, A. W., Yi, L., Natarajan, A., Le Grand, F., So, L., Wang, J., et al. (2010). Muscle injury activates resident fibro/adipogenic progenitors that facilitate myogenesis. Nat. Cell Biol. 12, 153–163. doi: 10.1038/ncb2015

 Juan, A. H., Derfoul, A., Feng, X., Ryall, J. G., Dell'Orso, S., Pasut, A., et al. (2011). Polycomb EZH2 controls self-renewal and safeguards the transcriptional identity of skeletal muscle stem cells. Genes Dev. 25, 789–794. doi: 10.1101/gad.2027911

 Kamakura, S., Oishi, K., Yoshimatsu, T., Nakafuku, M., Masuyama, N., and Gotoh, Y. (2004). Hes binding to STAT3 mediates crosstalk between Notch and JAK-STAT signalling. Nat. Cell Biol. 6, 547–554. doi: 10.1038/ncb1138

 Kami, K., and Senba, E. (2002). In vivo activation of STAT3 signaling in satellite cells and myofibers in regenerating rat skeletal muscles. J. Histochem. Cytochem. 50, 1579–1589. doi: 10.1177/002215540205001202

 Kanagawa, M., Yu, C. C., Ito, C., Fukada, S., Hozoji-Inada, M., Chiyo, T., et al. (2013). Impaired viability of muscle precursor cells in muscular dystrophy with glycosylation defects and amelioration of its severe phenotype by limited gene expression. Hum. Mol. Genet. 22, 3003–3015. doi: 10.1093/hmg/ddt157

 Kanisicak, O., Mendez, J. J., Yamamoto, S., Yamamoto, M., and Goldhamer, D. J. (2009). Progenitors of skeletal muscle satellite cells express the muscle determination gene, MyoD. Dev. Biol. 332, 131–141. doi: 10.1016/j.ydbio.2009.05.554

 Kitamoto, T., and Hanaoka, K. (2010). Notch3 null mutation in mice causes muscle hyperplasia by repetitive muscle regeneration. Stem Cells 28, 2205–2216. doi: 10.1002/stem.547

 Kobayashi, K., Nakahori, Y., Miyake, M., Matsumura, K., Kondo-Iida, E., Nomura, Y., et al. (1998). An ancient retrotransposal insertion causes Fukuyama-type congenital muscular dystrophy. Nature 394, 388–392. doi: 10.1038/28256

 Koenig, M., Monaco, A. P., and Kunkel, L. M. (1988). The complete sequence of dystrophin predicts a rod-shaped cytoskeletal protein. Cell 53, 219–228. doi: 10.1016/0092-8674(88)90383-2

 Kragl, M., Knapp, D., Nacu, E., Khattak, S., Maden, M., Epperlein, H. H., et al. (2009). Cells keep a memory of their tissue origin during axolotl limb regeneration. Nature 460, 60–65. doi: 10.1038/nature08152

 Kuang, S., Kuroda, K., Le Grand, F., and Rudnicki, M. A. (2007). Asymmetric self-renewal and commitment of satellite stem cells in muscle. Cell 129, 999–1010. doi: 10.1016/j.cell.2007.03.044

 Kuroda, K., Tani, S., Tamura, K., Minoguchi, S., Kurooka, H., and Honjo, T. (1999). Delta-induced Notch signaling mediated by RBP-J inhibits MyoD expression and myogenesis. J. Biol. Chem. 274, 7238–7244. doi: 10.1074/jbc.274.11.7238

 Kwabi-Addo, B., Wang, J., Erdem, H., Vaid, A., Castro, P., Ayala, G., et al. (2004). The expression of Sprouty1, an inhibitor of fibroblast growth factor signal transduction, is decreased in human prostate cancer. Cancer Res. 64, 4728–4735. doi: 10.1158/0008-5472.CAN-03-3759

 LaBarge, M. A., and Blau, H. M. (2002). Biological progression from adult bone marrow to mononucleate muscle stem cell to multinucleate muscle fiber in response to injury. Cell 111, 589–601. doi: 10.1016/S0092-8674(02)01078-4

 Lai, E. C. (2004). Notch signaling: control of cell communication and cell fate. Development 131, 965–973. doi: 10.1242/dev.01074

 Le Grand, F., Jones, A. E., Seale, V., Scime, A., and Rudnicki, M. A. (2009). Wnt7a activates the planar cell polarity pathway to drive the symmetric expansion of satellite stem cells. Cell Stem Cell 4, 535–547. doi: 10.1016/j.stem.2009.03.013

 Lepper, C., Partridge, T. A., and Fan, C. M. (2011). An absolute requirement for Pax7-positive satellite cells in acute injury-induced skeletal muscle regeneration. Development 138, 3639–3646. doi: 10.1242/dev.067595

 Levine, A., Bashan-Ahrend, A., Budai-Hadrian, O., Gartenberg, D., Menasherow, S., and Wides, R. (1994). Odd Oz: a novel Drosophila pair rule gene. Cell 77, 587–598. doi: 10.1016/0092-8674(94)90220-8

 Li, Y., Foster, W., Deasy, B. M., Chan, Y., Prisk, V., Tang, Y., et al. (2004). Transforming growth factor-beta1 induces the differentiation of myogenic cells into fibrotic cells in injured skeletal muscle: a key event in muscle fibrogenesis. Am. J. Pathol. 164, 1007–1019. doi: 10.1016/S0002-9440(10)63188-4

 Li, Z., Gilbert, J. A., Zhang, Y., Zhang, M., Qiu, Q., Ramanujan, K., et al. (2012). An HMGA2-IGF2BP2 axis regulates myoblast proliferation and myogenesis. Dev. Cell 23, 1176–1188. doi: 10.1016/j.devcel.2012.10.019

 Liang, Y., Jansen, M., Aronow, B., Geiger, H., and Van Zant, G. (2007). The quantitative trait gene latexin influences the size of the hematopoietic stem cell population in mice. Nat. Genet. 39, 178–188. doi: 10.1038/ng1938

 Lionikas, A., Blizard, D. A., Vandenbergh, D. J., Stout, J. T., Vogler, G. P., McClearn, G. E., et al. (2006). Genetic determinants of weight of fast- and slow-twitch skeletal muscles in old mice. Mamm. Genome 17, 615–628. doi: 10.1007/s00335-005-0177-x

 Liu, L., Cheung, T. H., Charville, G. W., Hurgo, B. M., Leavitt, T., Shih, J., et al. (2013). Chromatin modifications as determinants of muscle stem cell quiescence and chronological aging. Cell Rep. 4, 189–204. doi: 10.1016/j.celrep.2013.05.043

 Luz, M. A., Marques, M. J., and Santo Neto, H. (2002). Impaired regeneration of dystrophin-deficient muscle fibers is caused by exhaustion of myogenic cells. Braz J. Med. Biol. Res. 35, 691–695. doi: 10.1590/S0100-879X2002000600009

 Maillard, I., Koch, U., Dumortier, A., Shestova, O., Xu, L., Sai, H., et al. (2008). Canonical notch signaling is dispensable for the maintenance of adult hematopoietic stem cells. Cell Stem Cell 2, 356–366. doi: 10.1016/j.stem.2008.02.011

 Manning, E. L., Crossland, J., Dewey, M. J., and Van Zant, G. (2002). Influences of inbreeding and genetics on telomere length in mice. Mamm. Genome 13, 234–238. doi: 10.1007/s003350020027

 Marchildon, F., Lala, N., Li, G., St-Louis, C., Lamothe, D., Keller, C., et al. (2012). CCAAT/enhancer binding protein beta is expressed in satellite cells and controls myogenesis. Stem Cells 30, 2619–2630. doi: 10.1002/stem.1248

 Mauro, A. (1961). Satellite cell of skeletal muscle fibers. J Biophys Biochem Cytol 9, 493–495. doi: 10.1083/jcb.9.2.493

 McCarthy, J. J., Mula, J., Miyazaki, M., Erfani, R., Garrison, K., Farooqui, A. B., et al. (2011). Effective fiber hypertrophy in satellite cell-depleted skeletal muscle. Development 138, 3657–3666. doi: 10.1242/dev.068858

 Mizuno, Y., Chang, H., Umeda, K., Niwa, A., Iwasa, T., Awaya, T., et al. (2010). Generation of skeletal muscle stem/progenitor cells from murine induced pluripotent stem cells. FASEB J. 24, 2245–2253. doi: 10.1096/fj.09-137174

 Montarras, D., Morgan, J., Collins, C., Relaix, F., Zaffran, S., Cumano, A., et al. (2005). Direct isolation of satellite cells for skeletal muscle regeneration. Science 309, 2064–2067. doi: 10.1126/science.1114758

 Moriyama, M., Osawa, M., Mak, S. S., Ohtsuka, T., Yamamoto, N., Han, H., et al. (2006). Notch signaling via Hes1 transcription factor maintains survival of melanoblasts and melanocyte stem cells. J. Cell Biol. 173, 333–339. doi: 10.1083/jcb.200509084

 Morrison, J. I., Loof, S., He, P., and Simon, A. (2006). Salamander limb regeneration involves the activation of a multipotent skeletal muscle satellite cell population. J. Cell Biol. 172, 433–440. doi: 10.1083/jcb.200509011

 Moss, F. P., and Leblond, C. P. (1970). Nature of dividing nuclei in skeletal muscle of growing rats. J. Cell Biol. 44, 459–462. doi: 10.1083/jcb.44.2.459

 Mourikis, P., Sambasivan, R., Castel, D., Rocheteau, P., Bizzarro, V., and Tajbakhsh, S. (2012). A Critical Requirement for Notch Signaling in Maintenance of the Quiescent Skeletal Muscle Stem Cell State. Stem Cells 30, 243–252. doi: 10.1002/stem.775

 Mukherjee, T., Kim, W. S., Mandal, L., and Banerjee, U. (2011). Interaction between Notch and Hif-alpha in development and survival of Drosophila blood cells. Science 332, 1210–1213. doi: 10.1126/science.1199643

 Nieman, D. C., and Pedersen, B. K. (1999). Exercise and immune function. Recent developments. Sports Med. 27, 73–80. doi: 10.2165/00007256-199927020-00001

 Nnodim, J. O. (2000). Satellite cell numbers in senile rat levator ani muscle. Mech. Ageing Dev. 112, 99–111. doi: 10.1016/S0047-6374(99)00076-7

 Noseda, M., Chang, L., McLean, G., Grim, J. E., Clurman, B. E., Smith, L. L., et al. (2004). Notch activation induces endothelial cell cycle arrest and participates in contact inhibition: role of p21Cip1 repression. Mol. Cell Biol. 24, 8813–8822. doi: 10.1128/MCB.24.20.8813-8822.2004

 Odelberg, S. J., Kollhoff, A., and Keating, M. T. (2000). Dedifferentiation of mammalian myotubes induced by msx1. Cell 103, 1099–1109. doi: 10.1016/S0092-8674(00)00212-9

 Osawa, M., Hanada, K., Hamada, H., and Nakauchi, H. (1996). Long-term lymphohematopoietic reconstitution by a single CD34-low/negative hematopoietic stem cell. Science 273, 242–245. doi: 10.1126/science.273.5272.242

 Oshimori, N., and Fuchs, E. (2012). The harmonies played by TGF-beta in stem cell biology. Cell Stem Cell 11, 751–764. doi: 10.1016/j.stem.2012.11.001

 Pallafacchina, G., Francois, S., Regnault, B., Czarny, B., Dive, V., Cumano, A., et al. (2010). An adult tissue-specific stem cell in its niche: a gene profiling analysis of in vivo quiescent and activated muscle satellite cells. Stem Cell Res. 4, 77–91. doi: 10.1016/j.scr.2009.10.003

 Park, J. T., Li, M., Nakayama, K., Mao, T. L., Davidson, B., Zhang, Z., et al. (2006). Notch3 gene amplification in ovarian cancer. Cancer Res. 66, 6312–6318. doi: 10.1158/0008-5472.CAN-05-3610

 Parker, M. H., Loretz, C., Tyler, A. E., Duddy, W. J., Hall, J. K., Olwin, B. B., et al. (2012). Activation of Notch signaling during ex vivo expansion maintains donor muscle cell engraftment. Stem Cells 30, 2212–2220. doi: 10.1002/stem.1181

 Pellegrinet, L., Rodilla, V., Liu, Z., Chen, S., Koch, U., Espinosa, L., et al. (2011). Dll1- and dll4-mediated notch signaling are required for homeostasis of intestinal stem cells. Gastroenterology 140, 1230–1240; e1231–e1237. doi: 10.1053/j.gastro.2011.01.005

 Penna, F., Costamagna, D., Fanzani, A., Bonelli, G., Baccino, F. M., and Costelli, P. (2010). Muscle wasting and impaired myogenesis in tumor bearing mice are prevented by ERK inhibition. PLoS ONE 5:e13604. doi: 10.1371/journal.pone.0013604

 Polesskaya, A., Seale, P., and Rudnicki, M. A. (2003). Wnt signaling induces the myogenic specification of resident CD45+ adult stem cells during muscle regeneration. Cell 113, 841–852. doi: 10.1016/S0092-8674(03)00437-9

 Relaix, F., Rocancourt, D., Mansouri, A., and Buckingham, M. (2005). A Pax3/Pax7-dependent population of skeletal muscle progenitor cells. Nature 435, 948–953. doi: 10.1038/nature03594

 Rios, A. C., Serralbo, O., Salgado, D., and Marcelle, C. (2011). Neural crest regulates myogenesis through the transient activation of NOTCH. Nature 473, 532–535. doi: 10.1038/nature09970

 Roberts, E. W., Deonarine, A., Jones, J. O., Denton, A. E., Feig, C., Lyons, S. K., et al. (2013). Depletion of stromal cells expressing fibroblast activation protein-alpha from skeletal muscle and bone marrow results in cachexia and anemia. J. Exp. Med. 210, 1137–1151. doi: 10.1084/jem.20122344

 Rosenblatt, J. D., Lunt, A. I., Parry, D. J., and Partridge, T. A. (1995). Culturing satellite cells from living single muscle fiber explants. In Vitro Cell. Dev. Biol. Anim. 31, 773–779. doi: 10.1007/BF02634119

 Sacco, A., Doyonnas, R., Kraft, P., Vitorovic, S., and Blau, H. M. (2008). Self-renewal and expansion of single transplanted muscle stem cells. Nature 456, 502–506. doi: 10.1038/nature07384

 Sacco, A., Mourkioti, F., Tran, R., Choi, J., Llewellyn, M., Kraft, P., et al. (2010). Short telomeres and stem cell exhaustion model Duchenne muscular dystrophy in mdx/mTR mice. Cell 143, 1059–1071. doi: 10.1016/j.cell.2010.11.039

 Sadeh, M., Czyewski, K., and Stern, L. Z. (1985). Chronic myopathy induced by repeated bupivacaine injections. J. Neurol. Sci. 67, 229–238. doi: 10.1016/0022-510X(85)90119-4

 Sakai, H., Sato, T., Sakurai, H., Yamamoto, T., Hanaoka, K., Montarras, D., et al. (2013). Fetal skeletal muscle progenitors have regenerative capacity after intramuscular engraftment in dystrophin deficient mice. PLoS ONE 8:e63016. doi: 10.1371/journal.pone.0063016

 Sambasivan, R., Yao, R., Kissenpfennig, A., Van Wittenberghe, L., Paldi, A., Gayraud-Morel, B., et al. (2011). Pax7-expressing satellite cells are indispensable for adult skeletal muscle regeneration. Development 138, 3647–3656. doi: 10.1242/dev.067587

 Sang, L., Coller, H. A., and Roberts, J. M. (2008). Control of the reversibility of cellular quiescence by the transcriptional repressor HES1. Science 321, 1095–1100. doi: 10.1126/science.1155998

 Schafer, R., Zweyer, M., Knauf, U., Mundegar, R. R., and Wernig, A. (2005). The ontogeny of soleus muscles in mdx and wild type mice. Neuromuscul. Disord. 15, 57–64. doi: 10.1016/j.nmd.2004.09.011

 Schultz, E., Gibson, M. C., and Champion, T. (1978). Satellite cells are mitotically quiescent in mature mouse muscle: an EM and radioautographic study. J. Exp. Zool. 206, 451–456. doi: 10.1002/jez.1402060314

 Seale, P., Sabourin, L. A., Girgis-Gabardo, A., Mansouri, A., Gruss, P., and Rudnicki, M. A. (2000). Pax7 is required for the specification of myogenic satellite cells. Cell 102, 777–786. doi: 10.1016/S0092-8674(00)00066-0

 Segawa, M., Fukada, S., Yamamoto, Y., Yahagi, H., Kanematsu, M., Sato, M., et al. (2008). Suppression of macrophage functions impairs skeletal muscle regeneration with severe fibrosis. Exp. Cell Res. 314, 3232–3244. doi: 10.1016/j.yexcr.2008.08.008

 Shea, K. L., Xiang, W., LaPorta, V. S., Licht, J. D., Keller, C., Basson, M. A., et al. (2010). Sprouty1 regulates reversible quiescence of a self-renewing adult muscle stem cell pool during regeneration. Cell Stem Cell 6, 117–129. doi: 10.1016/j.stem.2009.12.015

 Sherwood, R. I., Christensen, J. L., Conboy, I. M., Conboy, M. J., Rando, T. A., Weissman, I. L., et al. (2004). Isolation of adult mouse myogenic progenitors: functional heterogeneity of cells within and engrafting skeletal muscle. Cell 119, 543–554. doi: 10.1016/j.cell.2004.10.021

 Shinin, V., Gayraud-Morel, B., Gomes, D., and Tajbakhsh, S. (2006). Asymmetric division and cosegregation of template DNA strands in adult muscle satellite cells. Nat. Cell Biol. 8, 677–687. doi: 10.1038/ncb1425

 Snijders, T., Verdijk, L. B., and van Loon, L. J. (2009). The impact of sarcopenia and exercise training on skeletal muscle satellite cells. Ageing Res. Rev. 8, 328–338. doi: 10.1016/j.arr.2009.05.003

 Starkey, J. D., Yamamoto, M., Yamamoto, S., and Goldhamer, D. J. (2011). Skeletal muscle satellite cells are committed to myogenesis and do not spontaneously adopt nonmyogenic fates. J. Histochem. Cytochem. 59, 33–46. doi: 10.1369/jhc.2010.956995

 Sun, D., Li, H., and Zolkiewska, A. (2008). The role of Delta-like 1 shedding in muscle cell self-renewal and differentiation. J. Cell Sci. 121, 3815–3823. doi: 10.1242/jcs.035493

 Suzuki, H., Nakamura, I., Takahashi, N., Ikuhara, T., Matsuzaki, K., Isogai, Y., et al. (1996). Calcitonin-induced changes in the cytoskeleton are mediated by a signal pathway associated with protein kinase A in osteoclasts. Endocrinology 137, 4685–4690. doi: 10.1210/en.137.11.4685

 Suzuki, N., Fukushi, M., Kosaki, K., Doyle, A. D., de Vega, S., Yoshizaki, K., et al. (2012). Teneurin-4 is a novel regulator of oligodendrocyte differentiation and myelination of small-diameter axons in the CNS. J. Neurosci. 32, 11586–11599. doi: 10.1523/JNEUROSCI.2045-11.2012

 Takahashi, K., Tanabe, K., Ohnuki, M., Narita, M., Ichisaka, T., Tomoda, K., et al. (2007). Induction of pluripotent stem cells from adult human fibroblasts by defined factors. Cell 131, 861–872. doi: 10.1016/j.cell.2007.11.019

 Takahashi, K., and Yamanaka, S. (2006). Induction of pluripotent stem cells from mouse embryonic and adult fibroblast cultures by defined factors. Cell 126, 663–676. doi: 10.1016/j.cell.2006.07.024

 Tamaki, T., Akatsuka, A., Ando, K., Nakamura, Y., Matsuzawa, H., Hotta, T., et al. (2002). Identification of myogenic-endothelial progenitor cells in the interstitial spaces of skeletal muscle. J. Cell Biol. 157, 571–577. doi: 10.1083/jcb.200112106

 Tanaka, K. K., Hall, J. K., Troy, A. A., Cornelison, D. D., Majka, S. M., and Olwin, B. B. (2009). Syndecan-4-expressing muscle progenitor cells in the SP engraft as satellite cells during muscle regeneration. Cell Stem Cell 4, 217–225. doi: 10.1016/j.stem.2009.01.016

 Thomas, S., and Shah, G. (2005). Calcitonin induces apoptosis resistance in prostate cancer cell lines against cytotoxic drugs via the Akt/survivin pathway. Cancer Biol. Ther. 4, 1226–1233. doi: 10.4161/cbt.4.11.2093

 Tokura, Y., Nakayama, Y., Fukada, S., Nara, N., Yamamoto, H., Matsuda, R., et al. (2011). Muscle injury-induced thymosin beta4 acts as a chemoattractant for myoblasts. J. Biochem. 149, 43–48. doi: 10.1093/jb/mvq115

 Trendelenburg, A. U., Meyer, A., Jacobi, C., Feige, J. N., and Glass, D. J. (2012). TAK-1/p38/nNFkappaB signaling inhibits myoblast differentiation by increasing levels of Activin A. Skeletal Muscle 2:3. doi: 10.1186/2044-5040-2-3

 Tu, X., Chen, J., Lim, J., Karner, C. M., Lee, S. Y., Heisig, J., et al. (2012). Physiological notch signaling maintains bone homeostasis via RBPjk and Hey upstream of NFATc1. PLoS Genet. 8:e1002577. doi: 10.1371/journal.pgen.1002577

 Uezumi, A., Fukada, S., Yamamoto, N., Takeda, S., and Tsuchida, K. (2010). Mesenchymal progenitors distinct from satellite cells contribute to ectopic fat cell formation in skeletal muscle. Nat. Cell Biol. 12, 143–152. doi: 10.1038/ncb2014

 Uezumi, A., Ito, T., Morikawa, D., Shimizu, N., Yoneda, T., Segawa, M., et al. (2011). Fibrosis and adipogenesis originate from a common mesenchymal progenitor in skeletal muscle. J. Cell Sci. 124, 3654–3664. doi: 10.1242/jcs.086629

 Uezumi, A., Ojima, K., Fukada, S., Ikemoto, M., Masuda, S., Miyagoe-Suzuki, Y., et al. (2006). Functional heterogeneity of side population cells in skeletal muscle. Biochem. Biophys. Res. Commun. 341, 864–873. doi: 10.1016/j.bbrc.2006.01.037

 Urciuolo, A., Quarta, M., Morbidoni, V., Gattazzo, F., Molon, S., Grumati, P., et al. (2013). Collagen VI regulates satellite cell self-renewal and muscle regeneration. Nat. Commun. 4, 1964. doi: 10.1038/ncomms2964

 Vasyutina, E., Lenhard, D. C., Wende, H., Erdmann, B., Epstein, J. A., and Birchmeier, C. (2007). RBP-J (Rbpsuh) is essential to maintain muscle progenitor cells and to generate satellite cells. Proc. Natl. Acad. Sci. U.S.A. 104, 4443–4448. doi: 10.1073/pnas.0610647104

 Verdijk, L. B., Koopman, R., Schaart, G., Meijer, K., Savelberg, H. H., and van Loon, L. J. (2007). Satellite cell content is specifically reduced in type II skeletal muscle fibers in the elderly. Am. J. Physiol. Endocrinol. Metab. 292, E151–E157. doi: 10.1152/ajpendo.00278.2006

 Verma, M., Asakura, Y., Hirai, H., Watanabe, S., Tastad, C., Fong, G. H., et al. (2010). Flt-1 haploinsufficiency ameliorates muscular dystrophy phenotype by developmentally increased vasculature in mdx mice. Hum. Mol. Genet. 19, 4145–4159. doi: 10.1093/hmg/ddq334

 von Maltzahn, J., Renaud, J. M., Parise, G., and Rudnicki, M. A. (2012). Wnt7a treatment ameliorates muscular dystrophy. Proc. Natl. Acad. Sci. U.S.A. 109, 20614–20619. doi: 10.1073/pnas.1215765109

 Wang, H., Noulet, F., Edom-Vovard, F., Tozer, S., Le Grand, F., and Duprez, D. (2010). Bmp signaling at the tips of skeletal muscles regulates the number of fetal muscle progenitors and satellite cells during development. Dev. Cell 18, 643–654. doi: 10.1016/j.devcel.2010.02.008

 Wang, X. Z., Jolicoeur, E. M., Conte, N., Chaffanet, M., Zhang, Y., Mozziconacci, M. J., et al. (1999). gamma-heregulin is the product of a chromosomal translocation fusing the DOC4 and HGL/NRG1 genes in the MDA-MB-175 breast cancer cell line. Oncogene 18, 5718–5721. doi: 10.1038/sj.onc.1202950

 White, R. B., Bierinx, A. S., Gnocchi, V. F., and Zammit, P. S. (2010). Dynamics of muscle fibre growth during postnatal mouse development. BMC Dev. Biol. 10:21. doi: 10.1186/1471-213X-10-21

 Yaffe, D., and Saxel, O. (1977). Serial passaging and differentiation of myogenic cells isolated from dystrophic mouse muscle. Nature 270, 725–727. doi: 10.1038/270725a0

 Yajima, H., Motohashi, N., Ono, Y., Sato, S., Ikeda, K., Masuda, S., et al. (2010). Six family genes control the proliferation and differentiation of muscle satellite cells. Exp. Cell Res. 316, 2932–2944. doi: 10.1016/j.yexcr.2010.08.001

 Yamaguchi, M., and Fukada, S. (2013). “Regulation of muscle stem cell quiescent and undifferentiated state: roles of Hesr1 and Hesr3 genes,” in Tumor Dormancy, Quiescence, and Senescence, Vol. 1, ed. M. A. Hayat (Netherlands: Springer), 107–116.

 Yamaguchi, M., Ogawa, R., Watanabe, Y., Uezumi, A., Miyagoe-Suzuki, Y., Tsujikawa, K., et al. (2012). Calcitonin receptor and Odz4 are differently expressed in Pax7-positive cells during skeletal muscle regeneration. J. Mol. Histol. 43, 581–587. doi: 10.1007/s10735-012-9421-3

 Yamazaki, S., Ema, H., Karlsson, G., Yamaguchi, T., Miyoshi, H., Shioda, S., et al. (2011). Nonmyelinating Schwann cells maintain hematopoietic stem cell hibernation in the bone marrow niche. Cell 147, 1146–1158. doi: 10.1016/j.cell.2011.09.053

 Zhou, X., Wang, J. L., Lu, J., Song, Y., Kwak, K. S., Jiao, Q., et al. (2010). Reversal of cancer cachexia and muscle wasting by ActRIIB antagonism leads to prolonged survival. Cell 142, 531–543. doi: 10.1016/j.cell.2010.07.011

 Zhou, X. H., Brandau, O., Feng, K., Oohashi, T., Ninomiya, Y., Rauch, U., et al. (2003). The murine Ten-m/Odz genes show distinct but overlapping expression patterns during development and in adult brain. Gene Expr. Patterns 3, 397–405. doi: 10.1016/S1567-133X(03)00087-5

Conflict of Interest Statement: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Received: 20 August 2013; Accepted: 14 October 2013; Published online: 12 November 2013.

Citation: Fukada S, Ma Y, Ohtani T, Watanabe Y, Murakami S and Yamaguchi M (2013) Isolation, characterization, and molecular regulation of muscle stem cells. Front. Physiol. 4:317. doi: 10.3389/fphys.2013.00317

This article was submitted to Striated Muscle Physiology, a section of the journal Frontiers in Physiology.

Copyright © 2013 Fukada, Ma, Ohtani, Watanabe, Murakami and Yamaguchi. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) or licensor are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.








	
	ORIGINAL RESEARCH ARTICLE
published: 21 March 2014
doi: 10.3389/fphys.2014.00100
	[image: image1]





Docosahexaenoyl ethanolamide improves glucose uptake and alters endocannabinoid system gene expression in proliferating and differentiating C2C12 myoblasts


Jeffrey Kim, Morgan E. Carlson and Bruce A. Watkins*


Center on Aging, University of Connecticut Health Center, Farmington, CT, USA

* Correspondence: Bruce A. Watkins, Department of Nutrition, University of California, Davis, Davis, CA 95616-5270, USA e-mail: baw@purdue.edu



Edited by:
Lucas Guimarães-Ferreira, Federal University of Espirito Santo, Brazil

Reviewed by:
Lucas Guimarães-Ferreira, Federal University of Espirito Santo, Brazil
 David Lee Hamilton, Stirling University, UK

Skeletal muscle is a major storage site for glycogen and a focus for understanding insulin resistance and type-2-diabetes. New evidence indicates that overactivation of the peripheral endocannabinoid system (ECS) in skeletal muscle diminishes insulin sensitivity. Specific n-6 and n-3 polyunsaturated fatty acids (PUFA) are precursors for the biosynthesis of ligands that bind to and activate the cannabinoid receptors. The function of the ECS and action of PUFA in skeletal muscle glucose uptake was investigated in proliferating and differentiated C2C12 myoblasts treated with either 25 μM of arachidonate (AA) or docosahexaenoate (DHA), 25 μM of EC [anandamide (AEA), 2-arachidonoylglycerol (2-AG), docosahexaenoylethanolamide (DHEA)], 1 μM of CB1 antagonist NESS0327, and CB2 inverse agonist AM630. Compared to the BSA vehicle control cell cultures in both proliferating and differentiated myoblasts those treated with DHEA, the EC derived from the n-3 PUFA DHA, had higher 24 h glucose uptake, while AEA and 2-AG, the EC derived from the n-6 PUFA AA, had lower basal glucose uptake. Adenylyl cyclase mRNA was higher in myoblasts treated with DHA in both proliferating and differentiated states while those treated with AEA or 2-AG were lower compared to the control cell cultures. Western blot and qPCR analysis showed higher expression of the cannabinoid receptors in differentiated myoblasts treated with DHA while the opposite was observed with AA. These findings indicate a compensatory effect of DHA and DHEA compared to AA-derived ligands on the ECS and associated ECS gene expression and higher glucose uptake in myoblasts.
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INTRODUCTION

Skeletal muscle serves as a major target organ for glucose removal from circulation and the relevancy of this tissue is bolstered by the disease states of insulin resistance and diabetes. Under euglycemic conditions in healthy subjects, approximately 75% of glucose removal is mediated by non-insulin stimulated glucose uptake primarily by the brain and to a lesser extent in other tissues such as skeletal muscle (Baron et al., 1988). However, under hyperglycemic conditions, glucose uptake mediated via non-insulin stimulated glucose uptake increases considerably (Capaldo et al., 1986). Moreover, the importance of basal glucose uptake is apparent during insulin resistance and diabetes when close to 80% of glucose uptake is achieved postprandially (Best et al., 1996).

In recent years, researchers have identified a physiologic mechanism that regulates the balance of macronutrient metabolism. The endocannabinoid system (ECS) is a complex network encompassing various physiological systems in the body that is comprised of the G-protein-coupled receptors, CB1 and CB2, their lipid-derived endogenous ligands termed endocannabinoids, and the enzymes that are involved in the biosynthesis/degradation of the endocannabinoids. While the ECS has been shown to influence several physiological activities, such as hunger, pain modulation, mood, and inflammation, the primary function appears to impact energy homeostasis, as activation of the ECS appears to shift energy balance toward energy storage (De Petrocellis et al., 1999; Soderstrom et al., 2004; Valenti et al., 2005; Piazza et al., 2007).

Previous findings confirm the role of the ECS in food intake and energy homeostasis. Reduced food intake was reported in mice (Despres et al., 2005) by pharmacologically antagonizing CB1 as well as in CB1 knockout mice (Pi-Sunyer et al., 2006). The interest in targeting this specific cannabinoid receptor is supported by several key findings. Importantly, antagonism of CB1 reduced food intake and body weight (Cota et al., 2003; Ravinet Trillou et al., 2003). However, the reduced food intake did not account for the total reduction in body weight, suggesting an ulterior means of energy expenditure. Furthermore, in both obese subjects and in leptin deficient mice, reduced glucose uptake and fatty acid oxidation were observed to be reversed by antagonizing CB1 (Liu et al., 2005; Cavuoto et al., 2007). Along with this, blood concentrations of the two chiefly studied endocannabinoids, anandamide (AEA) and 2-arachidonoylglycerol (2-AG) both derived from arachidonic acid (AA), are elevated in obese compared to lean individuals (Bluher et al., 2006; Matias et al., 2006).

In support of CB1 exerting a role on energy balance, evidence from several studies in animal models as well as in humans revealed that in conditions of obesity and hyperglycemia the ECS is in an overactivated state (Engeli et al., 2005; Bluher et al., 2006; Matias et al., 2006). This phenomenon is referred to as ECS tone, which is the collective actions of ligands, receptors, and enzymes of endocannabinoid synthesis and degradation. In other words, the ECS is overactivated in the state of obesity. Thus in the overactivated state a dysregulated ECS observed in both the obese and an insulin resistive state contributes to greater lipid accumulation and insulin resistance in muscle. Targeting the ECS to improve signaling for maintaining healthy muscle glucose sensitivity and reduce excessive lipid accumulation is an attractive application. Moreover findings that the ECS plays an active role in macronutrient metabolism we propose that directing endogenous agonist actions on the ECS to improve glucose homeostasis has implications for diabetes and obesity.

Recognizing that dietary sources of fatty acids and more specifically the polyunsaturated fatty acids (PUFA) can alter tissue composition of membrane phospholipids, dietary manipulation permits indirect control of the ECS on cellular functions. It is well known that the amount and type of dietary n-6 and n-3 PUFA changes the PUFA composition of membrane phospholipids in various tissues including muscle and bone compartments (Brown et al., 1991; Watkins et al., 2003; Hutchins-Wiese et al., 2012). Additionally, studies on mouse adipocytes demonstrated that cultures incubated with AA or docosahexaenoic acid (DHA) for 72 h elevated levels of these PUFA in phospholipids compared to the vehicle controls (Matias et al., 2008). Furthermore, AA treatment in the adipocyte cultures led to an increase of 2-AG concentrations while DHA treatment significantly decreased both AEA and 2-AG concentrations compared to the vehicle control.

Various studies on feeding rodents different dietary PUFA resulted in alterations in the levels of endocannabinoids of brain (Watanabe et al., 2003), adipose (Batetta et al., 2009), and liver (Artmann et al., 2008; Batetta et al., 2009). Mice fed a high fat diet supplemented with krill oil for 8 weeks were found to have reduced levels of AA-derived endocannabinoids in various peripheral tissue, including gastrocnemius (Piscitelli et al., 2011). Changes were reported in ECS genes of muscle when different dietary PUFA were fed to mice. For example, in our laboratory, analysis of quadriceps muscle from male ND4 Swiss Webster mice fed either a control diet (AIN-93G with safflower oil) or a high n-3 PUFA diet (EPA+DHA 17.6 g/kg) for 26 days revealed changes in several ECS genes (Hutchins-Wiese et al., 2012). We reported that the mRNA for AEA synthesis enzyme, N-acyl phosphatidylethanolamine phospholipase (NAPE-PLD), and 2-AG synthesis enzyme, diacylglycerol lipase (DAGL)α and DAGLβ, were higher in muscle of mice fed the n-3 PUFA diet compared to the controls. Furthermore, in this study the mRNA expression of CB1 and CB2 were both higher in muscle of mice fed the high n-3 PUFA diet. Collectively, these findings strongly suggest that dietary n-3 PUFA treatment can alter mRNA expression of key ECS genes to influence ECS signaling.

Since cellular membranes participate in numerous physiological and biochemical processes, changing the PUFA composition of cell membranes through diet can alter signaling and receptor functions associated with the ECS. Based on these findings that ECS gene expression changed upon exposure to different amounts and families of PUFA, the ECS is likely to adapt and change accordingly to these nutrients that serve as EC precursors. Therefore, an investigation exploring the adaptations from dietary PUFA enrichment on the skeletal muscle ECS is warranted as this signaling system is actively involved in energy homeostasis.

To investigate the role of the ECS on basal glucose uptake, our overall research hypothesis was that dietary long chain n-3 PUFA, DHA, and EPA, enrichment of C2C12 myoblasts restores endocannabinoid tone (action of ligands, receptors, and enzymes of the ECS synthesis and degradation) and signaling of this system to improve glucose homeostasis with potential applications to reduce obesity and diabetes. Since ECS receptor activation likely plays a role in impacting glucose uptake, the investigation also evaluated the consequences of PUFA treatment with cannabinoid receptor agonists and antagonists. The specific aim of this research was to describe the effects of PUFA enrichment on endocannabinoid gene expression and agonist/antagonist actions on glucose homeostasis in the myoblast cell line C2C12. Herein, C2C12 myoblast cell cultures were enriched with 25 μM levels of PUFA and the mRNA (qPCR) and protein expression (Western blot) of endocannabinoid enzymes and cannabinoid receptors were quantified. The expression of these enzymes and receptors were studied in myoblast cell cultures in both the proliferative and differentiation committed states. Additionally, insulin signaling/glucose uptake was measured as a consequent outcome.

MATERIALS AND METHODS

CELL CULTURES AND TREATMENTS

C2C12 cells were purchased from American Type Culture Collection (ATCC, Manassas, VA, USA) and routinely cultured in growth media (GM) consisting of Dulbecco's Modified Eagles Medium (DMEM; Thermo Fisher Scientific, Waltham, MA, USA) supplemented in 10% fetal bovine serum (FBS, Thermo Fisher Scientific, Waltham, MA, USA), and 1% antibiotic solution or in differentiation media (DM), consisting of DMEM with 2% horse serum (Thermo Fisher Scientific, Waltham, MA, USA) in place of FBS. Cultures were maintained in vented 75 cm2 tissue culture flasks (Becton Dickinson and Company, Franklin Lakes, NJ, USA) at a density of 1 × 106 cells per flask as determined by automated TC-10 cell counter (Bio-Rad laboratories, Inc., Hercules, CA, USA). Seeded at this density, cultures became 80–85% confluent after 72 h, at which time the cells were passed onto new flasks containing fresh GM. C2C12 cell cultures in all experiments were from passages 5–9.

Proliferating and differentiated cells were used to model skeletal muscle, such as within an ex vivo model or whole organism. Skeletal muscle found in mammals contains a mix of both proliferating and differentiating myoblasts (during active regeneration from injury, in addition to routine organ maintenance and homeostasis). Differentiated C2C12 were chosen to mimic mature myofibers. Myogenin and MyoD1, markers of differentiation, were used to verify that myoblasts had committed toward differentiation.

CHEMICALS AND REAGENTS

The treatment media contained PUFA AA, EPA, and DHA all from Nu-Chek-Prep, Inc. (Elysian, MN, USA) and endocannabinoids (AEA and 2-AG from Abcam, PLC., Cambridge, MA, USA) that were dissolved in 100% ethanol at a final concentration of 100 mg/mL, flushed with N2 and stored in glass amber vials at −20°C until needed. The PUFA containing media were prepared by adding fatty acid stock aliquots to either serum free GM containing endotoxin/fatty acid free BSA (Sigma Chemical Company, Saint Louis, MO, USA) that was used at a concentration dependent of PUFA concentration (2:1, PUFA:BSA). Working concentrations of the PUFA stock solutions were diluted as appropriate to achieve the necessary final concentrations. Cell cultures were treated for 24 h in 37°C at 5% CO2. 24 h prior to cell collection then treated with varying physiologic concentrations of AA, EPA, DHA, AEA, or 2-AG at 25 μM while 5, 10, and 25 μM for the glucose uptake experiments. Additionally, NESS0327, a CB1 antagonist, or AM630, a CB2 inverse agonist were used to pretreat cells at concentrations of 1, 2, or 5 μM.

FATTY ACID METHYL ESTERS ANALYSIS OF C2C12 CELL CULTURES

Fatty acid methyl esters (FAME) analysis was performed to measure fatty acid composition in C2C12 myoblast cultures, which were washed with calcium/magnesium-free phosphate buffered saline (PBS; 137 mM NaCl, 2.7 mM KCl, 9.9 mM Na2HPO4, 1.8 mM KH2PO4; Thermo Fisher Scientific, Waltham, MA, USA) and removed by scraping with a Teflon scraper. Cells were sonicated and extracted for lipids with chloroform/methanol (2:1, vol/vol) (Thermo Fisher Scientific, Waltham, MA, USA). Extracted lipids were treated with 0.5 N NaOH in methanol, and FAME prepared by esterification using boron trifluoride (BF3) in methanol (10% w/w, Supelco Inc., Bellefonte, PA, USA). The FAME were concentrated in isooctane (HPLC grade, Fisher Scientific, Pittsburg, PA, USA) and analyzed by gas chromatography (GC) (HP 7890A series, autosampler 7693, GC ChemStation Rev.B.04.03, Agilent Technologies, Palo Alto, CA, USA) with a DB-225 column (30 m, 0.25 mm i.d., 0.15 mm film thickness, Agilent Technologies, Palo Alto, CA, USA) equipped with a flame ionization detector (Li et al., 2010). Sample peaks were identified by comparison to authentic FAME standards (Nu-Chek-Prep Inc., Elysian, MN, USA). Sample injection volume was 3 μL and split ratio 10:1. Results for FAME analysis were obtained by weight percentage reports based on the response values for authentic standards of known concentrations to determine weight percentages values. This approach facilitates lipid and subsequent FAME recovery to minimize losses in peak responses at lower concentrations of components.

QUANTITATIVE REAL-TIME POLYMERASE CHAIN REACTION (QPCR)

Analysis of mRNA expression of genes of interest was measured to understand changes in ECS and glucose-related genes after PUFA or endocannabinoid treatment. C2C12 cells were cultured in 75 cm2 flasks until 85–90% confluent, followed by treatment with fatty acid or endocannabinoid. Afterwards, cells were washed twice with cold PBS, followed by RNA extraction with TRIzol (Invitrogen Corp., Carlsbad, CA, USA) reagent. RNA samples were then treated with DNase I (Ambion, Carlsbad, CA, USA) to remove any DNA contamination. Total RNA (1 μg) was reverse transcribed to cDNA in a reaction mixture using RNA transcriptase superscript III (Invitrogen Corp., Carlsbad, CA, USA). Briefly, 9 μL of the following were combined for each sample: 4 μL 5X VILO reaction mix containing random hexamers and dNTPs, 2 μL 10X Superscript enzyme mix® (BioRad Laboratories, Hercules, CA, USA) containing RNA inhibitors, and 3 μL of DEPC treated water for a total volume of 20 μL. Samples were heated as specified for superscript RT: 25°C for 10 min, 42°C for 60 min, and 85°C for 5 min. Synthesized cDNA product was then used for quantitative RT-PCR. A master mix for RT-PCR was prepared with SsoFast EvaGreen® Supermix (BioRad Laboratories, Hercules, CA, USA). Briefly, 10 μL SsoFast EvaGreen® was mixed with 6 μL DEPC treated water, 1 μL of 10 μM forward primer, and 1 μL of 10 μM reverse primer. A total of 18 μL of master mix was added to wells of unskirted 96-well plates with 2 μL of cDNA. All samples were analyzed in triplicate. Fluorescence emission was detected and cycle threshold (CT) values were calculated in the linear range automatically. Relative CT amounts were calculated from the standard curve for each gene, which were normalized to the reference gene, GAPDH, afterwards. The primers sequences used in this work are shown in Table 1. ΔΔCT values for each sample were determined by calculating the difference between the CT value of the target gene and the CT value of the reference gene, GAPDH. The normalized level of expression of the target gene in each sample was calculated using the formula 2−ΔΔCT. Values were expressed as fold of the control.

Table 1. Primer sequences used for quantitative polymerase chain reaction (qPCR).
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WESTERN BLOT ANALYSIS

Protein expressions of genes were analyzed by collecting whole cell lysates after incubation with PUFA treatments. Cells were washed twice with cold PBS followed by scraping to dislodge from surface and transferred to 1.5 mL microfuge tubes to be lysated using a lysis buffer (100 mM Tris-HCl + 0.1% Triton X-100, pH 7.5). Lysates were then centrifuged at 12,000 g for 5 min at 4°C, after in which the supernatant was collected and stored at −80°C. Proteins were then separated by polyacrylamide gel (gradient 4–15%) electrophoresis then transferred to a PVDF membrane, to be followed by antibody incubation against the protein of interest (α-mouse-CB1, α-mouse-CB2, α-rabbit-GLUT4, α-rabbit-Insulin-R, Abcam, PLC., Cambridge, MA, USA). Protein expression was detected using Westpico horseradish peroxidase chemiluminescence and imaged using a Chemidoc XRS+ system and Image Lab software (BioRad Laboratories, Hercules, CA, USA) (Tsang et al., 1989).

FLOW CYTOMETRY

In addition to Western blot analysis, FACS flow cytometry was also used to measure expression of cannabinoid receptors. C2C12 cultures were washed twice with cold PBS followed by scraping to dislodge from surface and transferred to 1.5 mL microfuge tubes to be incubated with primary antibodies (α-goat-CB1 and α-rabbit-CB2, Abcam, PLC., Cambridge, MA, USA) diluted in FACS buffer (1:250) for 1 h in 4°C. Afterwards, cells were centrifuged at 500 g for 5 min (4°C) and washed 3 times. Following washing, secondary antibodies (goat α-rabbit 488 and donkey α-goat FITC; Thermo Scientific, Abcam, PLC, Cambridge, MA, USA) were diluted in FACS buffer (1:500) for 1 h in 4°C in the dark. Cells were then centrifuged at 500 g for 5 min (4°C) and washed 3 times. Cells were resuspended in 1 mL of FACS buffer for FACS flow cytometry. Cell acquisition was performed on a FACSCalibur flow cytometer (BD Biosciences, San Jose, CA). 10,000 events were processed for each measurement. Data was analyzed using FlowJo software (Tree Star Inc., Ashland, OR).

GLUCOSE UPTAKE ASSAY

Glucose uptake assay kits (Caymen Chem, Ann Harbor, MI) were used to assess and quantify glucose uptake capacity after fatty acid, endocannabinoid, or ECS receptor inhibitor treatment. Glucose is taken up by the majority of cells via the action of glucose transporters, which facilitate glucose movement down a concentration gradient, in contrast to energy-dependent uptake of glucose in the gut or kidney. Use of a recently developed fluorescent glucose analog, 2-deoxy-2-[(7-nitro-2,1,3-benzoxadiazol-4-yl) amino]-D-glucose) (2-NBDG), allows for the target investigation of glucose uptake without having to account for glucose metabolism or conversion to glycogen once taken up by cells. 2-NBDG is a fluorescently-labeled deoxyglucose analog and is used as the sole probe for detection.

Proliferating and differentiating C2C12 cells were seeded at ~5 × 104 cells/well in black walled/clear bottom 96-well plates (Corning, Inc., Corning, NY, USA) in DMEM (+1% Pen/Strep and 10% FBS). Upon reaching a confluency of 50%, differentiation was induced with differentiating media consisting of high glucose DMEM, 2% Horse Serum (HS), and 1% Pen/Strep. After 48 h, media was changed to specific PUFA or EC containing media at a concentration of 5, 10, or 25 μM or cannabinoid receptor inhibitor (1, 2, or 5 μM) for 24 h. Following PUFA enrichment, media was removed from wells and treated with 100 μg/mL 2-NBDG for 1 h. Afterwards plates were centrifuged for 5 min at 500 g at room temperature and washed twice with the provided cell-based assay. 2-NBDG taken up by the cells was then measured at a wavelength of 485/535 nm (excitation/emission) on a BioTek Synergy HT plate reader (BioTek Instruments, Inc., Winooski, VT, USA).

STATISTICAL ANALYSES

The results from experiments on gene expression and glucose uptake in proliferating and differentiated C2C12 cell cultures were analyzed for significance by One-Way ANOVA at P < 0.05. Where significant differences were found, a Tukey's Multiple Comparison Test was performed at a probability of α = 0.05 (SAS for Windows version 9.3, SAS Institute Inc., Cary, NC). The data are presented as means ± s.e.m. as well as means ± SD where indicated with n = 3 for each treatment group. These data were also expressed as standardized differences calculated from the difference between values of treatment and control divided by the mean of the control replicates [(treatment—BSA)/BSA * 100, BSA is the mean of 3 BSAs]. The results from experiments on CB1 and CB2 receptor expression in proliferating and differentiated C2C12 cell cultures were performed via FACS flow cytometry were analyzed for significance by One-Way ANOVA at P < 0.05. Where significant differences were found, a Tukey's Multiple Comparison Test was performed at a probability of α = 0.05. These data were also expressed as standardized differences calculated from the difference between values of treatment and control divided by the mean of the control replicates [(treatment—BSA)/BSA * 100, BSA is the mean of 3 BSA values]. Flow cytometry data were also compared among three concentrations for the same treatment by One-Way ANOVA. A Two-Way ANOVA analysis was further performed on flow cytometry data to detect any interactions between the various treatments and the three tested concentrations of each treatment. Results from the analysis of fatty acid methyl esters (FAME) by gas chromatography to reflect the fatty acid composition of enriched C2C12 cell cultures (proliferating and differentiated) were analyzed by a One-Way ANOVA at P < 0.05. Where significant differences were found, a Tukey's Multiple Comparison Test was performed at a probability of α = 0.05. The FAME data are expressed as means ± s.e.m. Each treatment group was comprised of three replicates.

Results from experiments on glucose uptake assay were performed in proliferating and differentiated C2C12 after PUFA or EC and inhibitor treatments (expressed as relative units of fluorescence). The collected data were analyzed for significance by one-way ANOVA at P < 0.05. Where significant differences were found, a Tukey's Multiple Comparison Test was performed at a probability of α = 0.05. These data are presented as means ± s.e.m. as well as means ± SD with n = 3 for each treatment group. Glucose uptake data were also adjusted by cell numbers expressed as relative units of fluorescence/5000 cells and same statistical procedures were applied to this set of data. Glucose uptake data were further expressed as standardized differences calculated from the difference between values of treatment and control divided by the mean of the control replicates [(treatment—BSA)/BSA * 100, BSA is the mean of 3 BSAs]. The same statistical procedure was applied to the adjusted and standardized data for the evaluation of results.

RESULTS

FATTY ACID ANALYSIS OF LIPIDS FROM C2C12 CELL CULTURES

C2C12 myoblasts were cultured for 24 h following subculturing to allow cells to attach to flasks. Following 24 h, cells designated for differentiation were exposed to DM for 48 h, when myotubes formation was present and levels of myogenin and MyoD1 mRNA were elevated verified by RT-PCR. Both differentiated and proliferating cells were treated with either 25 μM of AA, EPA, DHA, AEA, 2-AG, or the no-fatty acid vehicle control, BSA. The fatty acid composition of total lipids extracted from differentiated C2C12 cells after enrichment is shown in Table 2 and for proliferating cells supplemental Table S1. The PUFA enrichment of cell cultures demonstrated a multiple fold increase in the respective PUFA enrichment and n-3 PUFA decreased the levels of AA. Likewise AA treatment resulted in lower levels of EPA and DHA in myoblast cultures. Treatment of cultures with AEA resulted in lower 18:2n6 but higher 20:1n9 in differentiated cells compared to the BSA vehicle control cell cultures. 2-AG treatment of differentiated myoblast cultures resulted in lower t16:1, 16:1n7, 18:1n9, 18:1n7, 18:2n6, and 20:5n3 and higher 20:1n9, 20:4n6, 22:4n6, and 22:5n3 (Table 2). Proliferating C2C12 cell cultures treated with 2-AG had lower t16:1, 16:1n7, 18:1n9, 18:1n7, and 18:2n6 and higher 20:4n6, 22:4n6 (Table S1).

Table 2. Fatty acid composition of total lipids from differentiated C2C12 cell cultures.
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DHA TREATMENT LEADS TO A COMPENSATORY EXPRESSION OF ECS-RELATED GENES SUGGESTING A DAMPENING OF ECS ACTIVATION

Analysis of mRNA by quantitative RT-PCR from proliferating and differentiated C2C12 myoblasts that were treated with 25 μM of either AA, EPA, DHA, AEA, 2-AG or a no-fatty acid BSA vehicle control revealed several changes on ECS- and glucose uptake -related mRNA expression when normalized to the housekeeping gene GAPDH. These data were pooled for analysis from two separate experiments (Table 3 differentiated cell cultures and Table S2 proliferating cell cultures).

Table 3. mRNA expression in differentiated C2C12 myoblast cultures treated with PUFA and EC.
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Cannabinoid receptors CB1 and CB2

Compared to the BSA vehicle control cell cultures a higher expression of both CB1 and CB2 was observed with DHA, EPA, DHA, EPEA, and DHEA treatment of differentiated cells (Table 3). A lower expression of CB1 and CB2 was observed with AA, AEA, and 2-AG treatment of differentiated cell cultures. Treatment with AA, DHA, EPA, EPEA, and DHEA resulted in a higher amount of mRNA for CB1 and CB2 in proliferating myoblasts (Table S2). In these experiments n-3 PUFA and EPEA and DHEA resulted in the highest amount of cannabinoid receptor mRNA.

Synthesis and degradation enzymes

The treatment of differentiated C2C12 cell cultures with AA or AEA resulted in lower mRNA expression of NAPE-PLD while higher expression occurred with EPA treatment (Table 3). Expression of the synthesizing enzymes for 2-AG, DAGLα and DAGLβ, were also measured. DAGLα and DAGLβ were both observed to have higher expression with AA or EPA enrichment while 2-AG had an opposite effect and lowered mRNA expression of both enzymes. The enzyme responsible for degradation of AEA and 2-AG through hydrolysis is FAAH. This enzyme was found to be higher with AA, EPA, and AEA treatment of C2C12 cell cultures.

Similar to the differentiated cells, proliferating C2C12 cell cultures treated with AA or AEA, NAPE-PLD, which is the synthesizing enzyme for AEA, was lower compared to the no-fatty acid BSA vehicle control (Table S2). A higher expression of NAPE-PLD mRNA was observed with EPA and DHA treatment. AA, DHA, and AEA resulted in a higher expression of DAGLα, while AA, EPA, and AEA led to a higher DAGLβ expression. FAAH was observed here to be lower with AEA and AA treatment of proliferating C2C12 cell cultures.

ECS confirmation (MAPK + adenylyl cyclase)

In order to determine potential ECS receptor activity, several downstream events known to occur with activation were analyzed (Felder et al., 1993; Rolli-Derkinderen et al., 2003; Howlett, 2005). Here we see a lower expression of adenylyl cyclase and a higher expression of the MAPK enzymes, p42/p44, p38, and Jun N-terminal kinase (JNK) with only AEA and 2-AG in both proliferating and differentiated myoblasts (Tables 3, S2), which is consistent with the literature in confirming activation of the cannabinoid receptors (Felder et al., 1993; Howlett, 2005).

Glucose aspects

In proliferating C2C12 cultures, AA led to lower mRNA expression of insulin-R, GLUT1, and IRS-1. Contrastingly, DHA was found to have higher insulin-R, GLUT4, GLUT1, and IRS-1 mRNA expression. EPA was observed to have no significant changes to any of the genes involved in glucose uptake. AEA was observed to lower the mRNA expression of Akt-1, insulin-R, GLUT4, GLUT1, and IRS-1. 2-AG was also observed to have a negative effect on these glucose-related genes as Akt-1, GLUT1, and IRS-1 were all lower compared to the no-fatty acid vehicle control.

Many of the observations found in the proliferating cells were found to be the same in the differentiated C2C12 myoblasts. AA was found to lower the expression of Akt-1, insulin-R, GLUT1, and IRS-1. Again, DHA resulted in higher mRNA expression of Akt-1, insulin-R, GLUT4, GLUT1, and IRS-1. EPA led to higher Akt-1 expression. AEA resulted in lower Akt-1, insulin-R, GLUT4, GLUT1, and IRS-1 expression while 2-AG had a lowering effect on insulin-R, GLUT4, GLUT1, and IRS-1 mRNA.

Inflammation

In proliferating C2C12 myoblasts, inflammatory cytokine mRNA expression were analyzed and showed a higher IL-6 and TNF-α with AA, AEA, and 2-AG treatments while DHA enrichment led to a lower expression of the two inflammatory maker mRNA. In differentiated C2C12 myoblasts, IL-6 expression was shown to be lower by DHA enrichment and higher after AA, AEA, and 2-AG treatment. TNF-α expression was found to be lower with AA, DHA, AEA, and 2-AG treatment while EPA enrichment had no effect.

PUFA AND EC TREATMENT RESULTED IN VARYING CB1 AND CB2 EXPRESSION

Western blot analysis followed by densitometry was performed to measure CB1 and CB2 expression in differentiated and proliferating C2C12 myoblasts after being treated with either 25 μM of AA, EPA, DHA, AEA, 2-AG or a no-fatty acid vehicle control (Figure 1). In differentiated C2C12 myoblasts, AA, EPA, and DHA resulted in higher protein expression of CB1 compared to the BSA control group. CB2 protein expression was higher for AA, EPA, DHA, AEA, and 2-AG treated differentiated C2C12 myoblasts. Compared to the BSA vehicle control, EPA and DHA enrichment showed higher expression of CB1 and CB2 in proliferating C2C12 myoblasts while AEA treatment had lower expression.
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FIGURE 1. Western blot analysis of CB1 and CB2 expression in proliferating and differentiated C2C12 myoblast cultures treated with PUFA and EC. C2C12 cultures were treated with 25 μM of respective treatments for 24 h. The bars are the means ± SD (error bars) of 2 experiments performed in triplicate. The asterisk (*) signifies difference compared to the BSA control for CB1 while the plus sign (+) indicates difference compared to the BSA control for CB2. In proliferating cells compared to the BSA vehicle control, DHA and EPA values for both receptors were higher; CB1 was lower in the AEA treatment. In differentiating cells compared to the BSA vehicle control, all treatments showed higher CB2 protein expression but only AA, DHA and EPA treatments were higher for CB1.



FACS-flow cytometry was performed to measure CB1 and CB2 expression in differentiated and proliferating C2C12 myoblasts after being treated with either 25 μM of AA, EPA, DHA, AEA, 2-AG or a no-fatty acid vehicle control (Figure 2). A One-Way ANOVA revealed in differentiated C2C12 myoblasts, that DHA enrichment resulted in a higher expression of CB1 while AEA and 2-AG lower CB1 expression. CB2 expression was higher with DHA alone, while a lower amount was found with AA, AEA, and 2-AG treatment. A significant decrease in both CB1 and CB2 expression was observed with AA, EPA, DHA, AEA, or 2-AG treatment compared to the BSA control in proliferating cells.
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FIGURE 2. FACS flow cytometry analysis of CB1 and CB2 expression in proliferating and differentiated C2C12 myoblast cultures treated with PUFA and EC. C2C12 cultures were treated with 25 μM concentrations of respective treatments for 24 h. The bars are the means ± SD (error bars) of 3 experiments performed in triplicate. The asterisk (*) signifies difference compared to the BSA control for CB1 while the plus sign (+) indicates difference compared to the BSA control for CB2. In proliferating cells all treatments were different compared to the BSA vehicle control. In differentiating cells compared to the BSA vehicle control, DHA had higher CB1 and CB2 values and AEA and 2-AG were lower values but CB2 was lower in the AA cells.



GLUCOSE UPTAKE IS ENHANCED WITH DHEA TREATMENT

Non-insulin stimulated glucose uptake was assessed in differentiated and proliferating C2C12 myoblasts after treatment with either 25 μM of AA, EPA, DHA, AEA, 2-AG, or 1 μM NESS0327 (CB1 inhibitor), 1 μM AM630 (CB2 inhibitor) or a BSA no-fatty acid vehicle control (Figure 3). In both differentiated and proliferating C2C12 cell cultures, AEA and 2-AG were found to result in lower glucose uptake compared to the BSA vehicle control cell cultures. However, EPEA, DHEA, NESS0327, and AM630 treatments showed higher glucose uptake. The results are presented as means ± SD in Table S3.
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FIGURE 3. Glucose uptake analysis of proliferating and differentiated C2C12 myoblast cultures treated with either three concentrations (5, 10, or 25 μM) of PUFA (AA, EPA, or DHA) or endocannabinoid (AEA, 2-AG, EPEA or DHEA) or with three concentrations (1, 2, or 5 μM) of cannabinoid receptor antagonist (AM630 or NESS0327) for 24 h. Values shown are means of 3 experiments performed in triplicate. In proliferating cells compared to the BSA vehicle control (gray shaded line), DHA, DHEA, EPEA, AM630, and NESS0327 had higher glucose uptake while AA, AEA, and 2-AG had lower glucose uptake. In differentiated cells compared to the BSA vehicle control, glucose uptake was lower for AEA and 2-AG treatments while all other treatments were higher. Data were analyzed by a One-Way ANOVA and Tukey's mean separation test at α = 0.05.The mean values and pooled s.e.m are shown in the supplemental materials Table S3.



DISCUSSION

Enrichment of proliferating and differentiated C2C12 myoblasts with AA resulted in an increase in n-6 PUFA and the ratio of n-6/n-3 with a decrease in n-3 PUFA. Conversely, EPA or DHA treatment resulted in the opposite effect of the AA enrichment as an increase in n-3 PUFA with a decrease in n-6 PUFA was observed, resulting in a lower ratio of n-6/n-3 PUFA. These results are in accordance with previous findings in muscle and bone compartments of rodents fed n-6 or n-3 PUFA enriched diets (Watkins et al., 2000; Li et al., 2003; Watkins et al., 2006; Hutchins-Wiese et al., 2012). An aspect that differed from other fatty acid enrichment studies is the exclusion of FBS in enriching media. This exclusion allows for greater control of availing specific fatty acid exposure to cultures.

Our findings are the first to demonstrate that differentiated and proliferating C2C12 myoblasts cell cultures express key ECS-related components. Furthermore, the ECS-related components can be altered with PUFA or endocannabinoid exposure. An interesting finding was the observed increase in AA with 2-AG enrichment in both differentiated and proliferating cells. While this observation is the first to report this finding, it is very likely a result of 2-AG hydrolysis leading to the liberation and elevation of AA in cell lipids.

Several recent studies have demonstrated that endocannabinoid concentrations in tissues and in circulation are responsive to the types of dietary n-6 and n-3 PUFA when fed to animals or in cell cultures. Studies with mouse adipocytes incubated with AA or DHA (100 μM) for 72 h showed elevated levels of these PUFA in phospholipids (Matias et al., 2008). AA treatment in these cells led to an increase in 2-AG concentrations. Moreover, DHA treatment significantly decreased both AEA and 2-AG concentrations compared to the control. This study demonstrated that fatty acid enrichment of adipocytes in culture could also modify endocannabinoid concentrations with specificity. Several studies showed that dietary PUFA altered the levels of endocannabinoids in tissues including brain (Watanabe et al., 2003) adipose (Batetta et al., 2009), and liver (Artmann et al., 2008; Batetta et al., 2009). Aside from the ligands of the ECS, our laboratory (Hutchins et al., 2011) reported that EPA enrichment reduced the mRNA levels for the AEA synthesizing enzyme, NAPE-PLD, compared to AA and the vehicle control groups in MC3T3-E1 osteoblast-like cell cultures. While it isn't clear whether PUFA directly affect the cannabinoid receptors, CB2 mRNA was also reduced with EPA treatment. If and how long chain n-3 PUFA affect different cell types in a similar fashion, that is by impacting the ECS receptor expression, in culture or at different stages (differentiated or proliferating) and if similar responses occur in vivo, has not been investigated.

Our findings provide new evidence that the C2C12 myoblast cell line expresses ECS receptors and both synthesis and degradation enzymes. Further we report that treatment with PUFA or endocannabinoids were able to influence ECS tone and ultimately, signaling potential of the ECS in these cells. It is evident from the data presented here that with 24 h n-3 PUFA treatment, either EPA or DHA, the ECS tone is potentially upregulated. The mRNA and Western blot analysis for both CB1 and CB2 expression in proliferating and differentiated myoblast cultures were found to be higher than in the BSA vehicle control cell cultures. These findings are illustrated in Figure 4. The cannabinoid receptors were also found to be higher in differentiated cultures when analyzed by flow cytometry. Both EPA and DHA enrichment also resulted in higher endocannabinoid synthesis enzymes, NAPE-PLD and DAGLα/β, in proliferating while only EPA demonstrated the effect in differentiated C2C12 cell cultures.
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FIGURE 4. The illustration summarizes the actions of PUFA, endocannabinoids, and cannabinoid antagonist and inverse agonist on glucose uptake and ECS gene expression in differentiated C2C12 myoblast cell cultures. Differentiated C2C12 cultures treated with AA and its derived ligands, AEA and 2-AG, led to lower basal glucose uptake compared to the BSA vehicle control group. Treatment with DHA, DHEA, EPA, and EPEA resulted in higher basal glucose uptake compared to the BSA control group. The higher levels of glucose uptake were comparable to the uptake observed with the CB1 antagonist, NESS0327. The figure is developed from the key observations found by treatment of C2C12 myoblast cell cultures with PUFA, endocannabinoids, and cannabinoid receptor antagonism on CB1, inverse agonist on CB2, and the measurement of GLUT1, insulin-R mRNA, and glucose uptake in differentiated C2C12. In the table below upward arrows represent higher expression/activity compared to the BSA vehicle control while downward arrows signify lower expression/activity compared to the BSA control. Differentiated C2C12 cultures treated with AA and its derived ligands, AEA and 2-AG, led to lower CB1, GLUT1, and insulin-R mRNA expression as well as a reduction of basal glucose uptake compared to the BSA control group. Treatment with DHA, DHEA, EPA, and EPEA resulted in higher CB1, and DHA or DHEA higher GLUT1 and insulin-R mRNA expression as well as a greater level of glucose uptake compared to the BSA control group. NS indicates not significant from the BSA control group.
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Identification of components of the ECS in our cell system validates the model and was consistent with the literature, in which CB1 and CB2 was found in human skeletal muscle (Cavuoto et al., 2007; Eckardt et al., 2009) and differentiated L6 myotubes (Esposito et al., 2008). While the majority of ECS studies in muscle have focused on pharmacological interventions to monitor energy expenditure (Liu et al., 2005), mainly dealing with the short-lived antiobesity drug, Rimonabant (SR141716) (Esposito et al., 2008; Eckardt et al., 2009), the current investigation is the first to interrogate the ECS in muscle cells using dietary PUFA.

In proliferating C2C12 treated with AA, a decrease of NAPE-PLD was observed, the enzyme for AEA biosynthesis. It is possible that because of the abundant availability of the PUFA precursor, the synthesizing enzyme is being maximally saturated and less synthesis of AEA is required by the cell, resulting in a downregulation at the mRNA level of the enzyme. This is supported by the results with DHA and EPA treatments and both are potential precursors of endocannabinoids, DHEA and EPEA, respectively that were found to result in higher NAPE-PLD mRNA compared to the BSA control cells. The n-3 PUFA ethanolamides, docosahexaenoyl ethanolamide (DHEA) and eicosapentaenoyl ethanolamide (EPEA), have been previously shown to be weak ligands to cannabinoid receptors when compared to AEA (Sheskin et al., 1997), suggesting that the upregulation of ECS-related synthesis enzymes observed in this study are attributed to a compensatory response. Structure activity relationships suggest that the n-pentyl chain in AEA is necessary for optimal binding to the CB1 receptor (Felder et al., 1993); however, data relating to CB2 is inadequate. In addition, DHEA also binds to other receptors including PPARs (Artmann et al., 2008), highlighting the complexity of NAE signaling. Even with lower affinity to the cannabinoid receptors, perhaps the n-3 PUFA-derived ethanolamides are synthesized at a greater propensity leading to an inflated competition with other endocannabinoids resulting in the higher CB1 and CB2 expression seen in this study.

To confirm expression of activation of the ECS by AEA and 2-AG, the signaling pathway leading to the sequential activation of mitogen-activated protein kinase (MAPK) were also investigated here. Stimulation of either CB1 or CB2 has previously been shown to lead to the phosphorylation and activation of p42/p44 MAPK, p38 MAPK, and Jun N-terminal kinase (JNK) (Rolli-Derkinderen et al., 2003; Howlett, 2005; Eckardt et al., 2009). The endocannabinoids AEA, 2-AG, EPEA, and DHEA were all shown to increase the mRNA expression of these signaling pathways markers that regulate nuclear transcription factors. Additionally, a lowered expression of adenylyl cyclase mRNA with the endocannabinoid treatments was observed, concurring with observations of cannabinoid receptor activation (Felder et al., 1993; Howlett, 2005). Conversely, EPA and DHA showed a decrease in mRNA expression in p42/p44 MAPK, p38MAPK, and JNK in differentiated C2C12 with proliferating cells only being affected by DHA enrichment. Previously, it has been reported that fish oil decreased these MAPK-family signaling molecules (Lo et al., 2000). From the mRNA analysis, DHEA and EPEA had the highest fold change in p38 MAPK. p38 MAPK has been found to be lower in the liver of obese and type II diabetic mice (Lee et al., 2011). Activation of p38 MAPK was found to reduce endoplasmic reticulum stress and establish euglycemia in these severely obese mice. The MAPK/ERK signaling pathway has also been found to regulate insulin sensitivity into moderate glucose metabolism in Drosophila (Zhang et al., 2011). Further investigations of the ECS should focus on this pathway to ascertain the potential of restoring proper glucose homeostasis in obese and type II diabetics.

Signal transduction pathways involving MAPKs as well as the phosphatidylinositol 3-kinase (PI3-K) have been previously found to be key signaling cascades involved in the differentiation process of myoblasts (Zetser et al., 1999; Li and Johnson, 2006). However, the results of studies on the role of MAPKs in regulating skeletal muscle differentiation have been controversial. For example, activation of the ERK pathway seems to be important for mediating the repressive effect of growth factors on myogenesis. One study has suggested that ERK activation positively regulates myogenesis (Weyman and Wolfman, 1998). JNK has been involved in controlling diverse cellular functions, including cell proliferation, differentiation, and apoptosis (Garrington and Johnson, 1999). The activity of JNK has been reported to be activated during differentiation of C2 myoblasts and essential for survival (Bennett and Tonks, 1997; Khurana and Dey, 2004). Additionally, the role of MAPKs in the proliferation of skeletal muscle has not yet been fully studied, although inhibition of their activation is known to lead growth arrest in many cells, including myoblasts. Lipina et al. (2010) has also examined the effects of targeting CB1 and its downstream effects, finding that impeding CB1 activation enhanced both insulin-stimulated ERK1/2 and PI3-K/protein kinase-B activity in L6 myotubes. To add to these findings of insulin-sensitization in skeletal muscle cells, our study demonstrates that antagonizing CB1 resulted in increasing non-insulin stimulated glucose uptake.

The expression of the transcription factor myogenin is essential for the development of functional skeletal muscle as it is required for the proper fusion of myogenic precursor cells during myogenesis (Braun et al., 1989; Wright et al., 1989) Myogenin-deficient myoblasts, however, are unable to undergo efficient fusion to form functional muscle fibers in vivo. This result suggests that myogenin plays an essential role in the differentiation of myoblasts into myotubes (Hasty et al., 1993; Nabeshima et al., 1993). Similarly, MyoD1 is one of the earliest markers of myogenic commitment from the mesoderm and is expressed in activated satellite cells (Edmondson and Olson, 1989). Myogenin and MyoD1 have been shown to be expressed in regenerating skeletal muscle of mice (Fuchtbauer and Westphal, 1992). While there were no differences between treatments in the proliferating C2C12, DHA enrichment led to a higher expression of myogenin and MyoD1 in the differentiated cultures. Other findings in the literature suggest that DHA increases proliferation in C2C12 cells (Lee et al., 2009). However, the mechanism behind the ability of DHA to modulate skeletal muscle differentiation, whether it is via MAPK phosphorylation, has yet to be explained.

Some have reported that endocannabinoids are involved in the hypothalamic regulation of food intake and in peripheral lipogenesis in rodents (Di Marzo et al., 2001; Osei-Hyiaman et al., 2005). Thus the ECS has become a promising target for a pharmacological approach to obesity and diabetes. Antagonism of CB1 in rodents (Liu et al., 2005), primary myoblasts (Eckardt et al., 2009), and L6 myoblasts (Esposito et al., 2008) using Rimonabant (SR141716) have demonstrated effects on energy expenditure, targeting improved glucose metabolism, however, no information is available, thus far, in directing this endogenous machinery by dietary means, specifically with PUFA.

The key findings for glucose uptake in myoblasts are summarized in Figure 4. Enrichment of proliferating C2C12 myoblasts with EPA and DHA N-acylethanolamides, EPEA and DHEA, respectively, NESS0327, and AM630 resulted in higher basal glucose uptake in proliferating C2C12 cultures compared to the BSA control. In differentiated myoblasts, AA, EPA, DHA, EPEA, DHEA, NESS0327, and AM630 were all found to have higher basal glucose uptake compared to the control cultures (Figure 4). AEA and 2-AG both showed lower basal glucose uptake in both proliferating and differentiated C2C12 (Figure 4), which is consistent with the findings of elevated AEA and 2-AG in type II diabetic patients (Engeli et al., 2005; Bluher et al., 2006; Matias et al., 2006). Because of the elevated levels of endocannabinoids found in obese animals (Di Marzo et al., 2001) and diabetic humans (Engeli et al., 2005), activation of CB1 may be augmented resulting in an interference with glucose metabolism in muscle cells leading to a downregulation of glucose uptake. Several studies have demonstrated that skeletal muscle is responsive to ECS manipulation in mice (Liu et al., 2005). In a study in leptin deficient obese mice, treatment with the CB1 antagonist SR141716 induced a significant increase in glucose uptake in isolated soleus muscle after 7 days of treatment. In this study GLUT1 was thought to be a possible factor responsible for the response with SR141716 of increased glucose uptake in mouse muscle. In our study of C2C12 cultures the CB1 antagonist NESS0327 resulted in the greatest uptake of glucose, validating previous findings of the negative effects of CB1 on basal glucose uptake (Liu et al., 2005; Esposito et al., 2008; Eckardt et al., 2009). Higher expression of insulin-R, IRS-1, and GLUT4 with DHA treatment is in contrast to the lower glucose uptake with AEA and 2-AG. Our findings suggest that DHA and DHEA have a positive role in improving insulin-stimulated glucose uptake in myoblasts (Figure 4).

Additionally, AMPK activation has previously been found to improve glucose tolerance (Buhl et al., 2002). Long-term administration of 5-aminoimidazole-4-carboxamide ribonucleoside, a drug that activates AMPK, to insulin-resistant Zucker rats was shown to improve glucose tolerance and other reduce lipid accumulation. An increase in GLUT4 translocation in skeletal muscle is mainly responsible for the observed improved glucose tolerance (Holmes et al., 1999). Additionally, AMPK is activated during exercise at intensities >60% VO2max in human subjects and rats (Fujii et al., 2000; Takekoshi et al., 2006). An interesting and relevant finding in our study was that both DHA and DHEA were the only treatments that resulted in higher GLUT4 mRNA levels. DHA has previously been shown to increase intestinal glucose absorption (Gabler et al., 2009). Most recently, DHA enrichment has been shown to interact with AMPK in C2C12 myoblasts to enhance uncoupling protein expression (Lee et al., 2013). DHEA was shown in the current investigation to improve basal glucose uptake. Whether DHEA is able to activate AMPK to effect GLUT1 remains to be determined. In addition, the observed increase in glucose-related mRNA suggests that DHEA may be a potential target in improving glucose clearance by muscle. Based on our findings future experiments must be conducted to investigate specific mechanisms on how PUFA affect signaling of the ECS in muscle and glucose utilization.

Based on the data presented herein, EPA and DHA enrichment of differentiated and proliferating C2C12 myoblasts led to a decrease in downstream markers of cannabinoid receptor activation. Conversely, endocannabinoids were all shown to increase downstream markers of cannabinoid receptor activation. While AEA and 2-AG treatment caused a marked decrease in adenylyl cyclase, indicating potential activation of the cannabinoid receptors, DHEA and EPEA resulted in a significantly higher mRNA expression, suggesting secondary messenger signaling to be moderated. Further, DHEA demonstrated an increase in basal glucose uptake at levels comparable to the CB1 antagonist, NESS0327 in myoblasts. Thus the current investigation demonstrates that long chain n-3 PUFA can mediate ECS gene expression and cellular activity in proliferating and differentiated myoblast cultures.
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Due to its essential role in movement, insulating the internal organs, generating heat to maintain core body temperature, and acting as a major energy storage depot, any impairment to skeletal muscle structure and function may lead to an increase in both morbidity and mortality. In the context of skeletal muscle, altered metabolism is directly associated with numerous pathologies and disorders, including diabetes, and obesity, while many skeletal muscle pathologies have secondary changes in metabolism, including cancer cachexia, sarcopenia and the muscular dystrophies. Furthermore, the importance of cellular metabolism in the regulation of skeletal muscle stem cells is beginning to receive significant attention. Thus, it is clear that skeletal muscle metabolism is intricately linked to the regulation of skeletal muscle mass and regeneration. The aim of this review is to discuss some of the recent findings linking a change in metabolism to changes in skeletal muscle mass, as well as describing some of the recent studies in developmental, cancer and stem-cell biology that have identified a role for cellular metabolism in the regulation of stem cell function, a process termed “metabolic reprogramming.”
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INTRODUCTION

Metabolism is loosely defined as the collection of enzymatic reactions essential for life, and can be catabolic/anabolic and exothermic/endothermic in nature. While in a constant state of flux, these reactions reach equilibrium (homeostasis) and are maintained in the absence of altered energy supply or demand. However, a sustained change in metabolism can have serious implications for an individual and can lead to an increase in both morbidity and mortality. In the context of skeletal muscle, altered metabolism is associated with numerous pathologies and disorders, including diabetes, obesity, Pompe's disease, McArdle disease and numerous mitochondrial disorders (Angelini and Semplicini, 2010; Raben et al., 2012; Russell et al., 2013), while many skeletal muscle pathologies have secondary changes in metabolism, including cancer cachexia, age-related muscle wasting and weakness (termed sarcopenia) and the muscular dystrophies (Ryall et al., 2008; Russell et al., 2013). Furthermore, the importance of cellular metabolism in the regulation of skeletal muscle stem cells is beginning to receive significant attention (Ryall, 2013). Thus, it is clear that skeletal muscle metabolism is intricately linked to the regulation of skeletal muscle mass and regeneration. The aim of this review is to discuss some of the recent findings regarding the role of metabolic dysfunction in skeletal muscle wasting and weakness, as well as to highlight potential novel therapeutic targets for future drug discovery and development. Finally, as cellular metabolism is beginning to receive increased attention in the regulation of stem cell identity, we discuss some of the implications for the regulation of skeletal muscle stem cell activity and regeneration following injury. However, before addressing these topics in detail, a brief overview of the major metabolic pathways will be discussed.

CELLULAR METABOLISM IN SKELETAL MUSCLE

Energy in the form of adenosine triphosphate (ATP) is essential for cells to conduct the processes necessary for life, and depletion of ATP can lead to necrosis or apoptosis (Tsujimoto, 1997). The conversion of ATP to adenosine diphosphate (ADP) or adenosine monophosphate (AMP) and inorganic phosphate (Pi) is exothermic and liberates energy that can be harnessed to fuel enzymatic reactions. Cellular ATP is derived from the breakdown of fats (via fatty acid oxidation, FAO), carbohydrates (via glycolysis) and proteins (via proteolysis) to pyruvate and/or acetyl CoA which, in the presence of oxygen, can be converted to ATP in the mitochondria via oxidative phosphorylation (OXPHOS). The majority of ATP is generated via glycolysis in the cytoplasm and OXPHOS in the mitochondria, with the relative contribution of each process dependent on a range of factors, including substrate and oxygen availability, and cellular energy demand (Salway, 2012).

Briefly, FAO involves an energy consuming reaction which converts FA and Co-enzyme A (Co-A) to fatty acyl-CoA (FA-CoA) and is catalyzed by the enzyme fatty acyl-CoA synthetase. FA-CoA cannot be directly transported across the mitochondrial inner membrane and must first be converted to an acyl carnitine derivative and then reconverted to FA-CoA inside the mitochondria. FAO involves a stepwise process of dehydrogenation of acyl-CoA to acetyl-CoA which can then be metabolized by the tricarboxylic acid cycle (TCA) and the mitochondrial electron transport chain (ETC, Salway, 2012, Figure 1).


[image: image]

FIGURE 1. Schematic of the process of fatty-acid oxidation (FAO) in cells. Fatty-acid-CoA (FA-CoA) is converted to an acyl carnitine derivative in the mitochondrial membrane, acylcarnitine is then converted back to FA-CoA within the mitochondria where it undergoes a series of dehydrogenation reactions to form acetyl-CoA. Acetyl-CoA, in turn enters the tricarboxylic acid (TCA) cycle to generate NADH to drive complex I, and succinate to drive complex II of the mitochondrial electron transport chain.



Glucose is metabolized by almost all organisms in a cytosolic process termed glycolysis which yields two molecules of ATP per molecule of glucose. Circulating glucose enters a cell predominantly via a family of transmembrane glucose transporters (GLUT1-11), with several isoforms each being specific to certain tissues. Once inside the cell, glucose is converted to glucose-6-phosphate (G6P) by hexokinase in an ATP consuming reaction, following which G6P is converted first to fructose-6-phosphate (F6P) and then to fructose-1-6-bisphosphate (F1,6BP). The conversion to F1,6BP is irreversible and is considered the step at which glucose is committed to glycolysis (Lunt and Vander Heiden, 2011). This reaction is catalyzed by phosphofructokinase 1 (PFK1); an enzyme allosterically controlled by levels of ATP, such that abundant levels of ATP inhibits PFK1. Cleavage of F1,6BP generates two molecules of glyceraldehyde-3-phosphate (G3P), which are then converted to phosphoenolpyruvate (PEP). The final step of glycolysis involves the conversion of PEP to pyruvate to release ATP; a reaction catalyzed by the enzyme pyruvate kinase (PK) (Lunt and Vander Heiden, 2011). Under aerobic conditions pyruvate is transported into the mitochondria and converted to acetyl-CoA for OXPHOS. Under anaerobic conditions, lactate dehydrogenase (LDH) reduces pyruvate to lactate, which is then shunted into the extracellular space via the monocarboxylate transporter and then transported to the liver for gluconeogenesis (Salway, 2012).

In the presence of oxygen, mitochondrial acetyl-CoA generated via FAO or glycolysis enters the tricarboxylic acid (TCA) cycle where the acetyl group is transferred to oxaloacetate to form citrate. Through a series of well described reactions (Figure 1), citrate is converted first into its structural isomer, isocitrate and then α-ketoglutarate; reactions that lead to the production of NADH, H+ and CO2. Further decarboxylation of α-ketoglutarate liberates additional NADH and H+ and a high energy thioester, succinyl-CoA. Succinyl-CoA undergoes phosphorylation to form succinate and then further oxidation and hydration steps to reform oxaloacetate and additional NADH and H+. The NADH and H+ produced via the TCA cycle are then used to drive the mitochondrial electron transport chain (ETC) for the generation of ATP (Lunt and Vander Heiden, 2011). Clearly skeletal muscle metabolism is strictly regulated by substrate availability, presence of oxygen and energy demand, which in turn also regulate muscle protein metabolism and cell size.

METABOLIC DISTURBANCES LEADING TO ALTERATIONS IN SKELETAL MUSCLE MASS

The preservation of skeletal muscle function is crucial for maintaining an independent lifestyle and the capacity to perform the activities of daily living. Generally considered to be the result of a balance between protein synthesis and degradation, skeletal muscle mass is carefully regulated through the actions of numerous complementary and (sometimes) interacting pathways. Any disruption to this careful balance of protein synthesis and degradation can have serious consequences. The role of metabolism in the progression of muscle wasting and weakness in individual disorders has previously been described in detail for diabetes, obesity (Akhmedov and Berdeaux, 2013), Pompe's disease (Raben et al., 2012), McArdles disease (Angelini and Semplicini, 2010) and several mitochondrial disorders (Russell et al., 2013). As such, our aim is to describe some of the more recent discoveries linking specific metabolic signaling pathways to muscle wasting and weakness, with a specific focus on the central role of mechanistic target of rapamycin (mTOR).

THE MTOR COMPLEX 1 SIGNALING PATHWAY REGULATES DIURNAL VARIATIONS IN PROTEIN SYNTHESIS

Protein turnover in skeletal muscle is highly responsive to changes in substrate availability (Rennie et al., 1982). It is generally accepted that acute changes in substrate availability, amino acids (AAs) in particular, modulate protein synthesis by altering mRNA translation. Many laboratories have shown that the signaling pathway involving mTOR complex I (mTORC1) plays a crucial role in the control of initiation and elongation of mRNA translation (Bodine et al., 2001; Bolster et al., 2003; Dreyer et al., 2006). The mTORC1 signaling pathway integrates a wide variety of extra- and intracellular signals, including insulin (and its related growth factors), nutrient (glucose and amino acids) availability, and cellular energy status to regulate protein synthesis, autophagy, cell growth and metabolism (Laplante and Sabatini, 2012). The activity of mTORC1 determines the activity of downstream effectors such as the 70-kDa S6 protein kinase (S6K1) and the eukaryotic initiation factor 4E-binding protein (4E-BP1) (Kimball et al., 2002). Both play key regulatory roles in modulating translation initiation, and control the binding of mRNA to the 40S ribosomal subunit (Kimball et al., 2002).

mTORC1 activity is controlled amongst others, by its upstream regulator, the tuberous sclerosis complex (TSC1-TSC2, Dodd and Tee, 2012). Activation of this complex stimulates the GTPase function of Rheb, a small GTPase that acts as a proximal key activator of mTORC1, which leads to a reduction in Rheb-induced mTORC1 activation. In contrast, inactivation of the TSC1-TSC2 complex results in the accumulation of GTP-bound Rheb and thus activation of mTORC1 (Dodd and Tee, 2012). Clearly, the activity of the TSC1-TSC2 complex and Rheb-mTORC1 interaction are critical for the correct operation of the mTORC1 pathway in response to changes in homeostasis.

Given that protein synthesis requires a plentiful supply of amino acids and energy (ATP), it is not surprising that mTORC1 signaling is under strict regulation. Increased availability of AAs strongly stimulates muscle protein synthesis (Rennie et al., 1982; Volpi et al., 1998, 1999; Paddon-Jones et al., 2004, 2006). Besides serving as a substrate for polypeptide biosynthesis, the essential AAs (EAAs), but not the non-essential AAs (NEAAs), have been shown to directly activate regulatory proteins in mRNA translation, thereby increasing muscle protein synthesis. Noteworthy, the latter event does not require increased NEAA availability (Volpi et al., 2003). The branched-chain AA, leucine, is of particular interest since it has the unique ability to directly increase signaling through mTORC1 and its downstream targets 4E-BP1 and S6K1 and ribosomal S6. Therefore, leucine represents the main anabolic signal responsible for the post-prandial increase in muscle protein synthesis (Smith et al., 1992; Norton and Layman, 2006).

 Dickinson et al. (2011) have provided clear evidence that, in humans, rapamycin injection prior to EAA intake prevents the expected increase in protein synthesis and attenuates the increase in mTORC1-signaling, supporting a fundamental role for mTORC1 activation as a key-regulator of protein synthesis in response to increased AA availability. A detailed discussion about how cells sense AAs and how these signals are communicated to mTORC1 is beyond the scope of this review as we aim to focus in more detail how changes in glucose metabolism alter the activity of this particular pathway, instead the reader is directed to a number of recent excellent reviews (Dodd and Tee, 2012; Laplante and Sabatini, 2012).

One important example of the importance of mTOR in the metabolic regulation of muscle mass can be observed during the process of age-related muscle wasting and weakness (sarcopenia). While the effect of ageing and sarcopenia on mTOR associated signaling in skeletal muscle in the fasted state has been investigated in detail its role remains unclear. Some reports in humans suggest that mTOR and S6K1 protein expression (Cuthbertson et al., 2005) or phosphorylation status (Li et al., 2012) are reduced in muscles from elderly individuals, whereas others report no difference in the fasted state (Guillet et al., 2004; Drummond et al., 2008a). Importantly however, following the administration of EAA (with or without carbohydrates), elderly humans have a blunted increase in mTOR (Cuthbertson et al., 2005), and S6K1 (Guillet et al., 2004; Cuthbertson et al., 2005) phosphorylation compared with young controls, resulting in an attenuated (Cuthbertson et al., 2005) or delayed (Drummond et al., 2008a) anabolic response. These studies indicate that the skeletal muscle response to alterations in glucose and AA availability is compromised in the elderly, and could be a result of a defect in either the ability of the muscle to respond, or detect, a change in energy availability.

AMP ACTIVATED PROTEIN KINASE AS A NEGATIVE REGULATOR OF SKELETAL MUSCLE MASS

The most well-studied energy sensor in skeletal muscle is the 5′-AMP-activated protein kinase (AMPK) (Steinberg and Kemp, 2009). AMPK is activated by an elevation in the AMP/ATP ratio leading to inhibition of energy consuming anabolic processes such as protein synthesis and stimulation of catabolic energy producing processes such as glycolysis, FAO and protein degradation (Steinberg et al., 2010). AMPK is thought to regulate mTORC1 signaling either via 1) phosphorylation of TSC2, leading to increased GTPase activity of Rheb; 2) direct phosphorylation of mTOR at Thr2446 preventing stimulatory phosphorylation on Ser2448; or 3) the phosphorylation and dissociation of the critical mTORC1 protein, Raptor (Steinberg and Kemp, 2009, Figure 2).
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FIGURE 2. Considered one of the master regulators of protein synthesis, mammalian target of rapamycin (mTOR) is perfectly positioned to receive feedback regarding the cellular energy status. During levels of high glycolytic flux, the ADP/ATP ratio is low, and so AMPK activity is reduced, furthermore, GAPDH is prevented from interacting with the small GTPaseRheb. Together, these pathways lead to elevated mTOR complex I (mTORCI) signaling, and protein synthesis.



Pharmacological activation of AMPK using 5-Aminoimidazole-4-carboxamide ribonucleotide (AICAR) suppresses phosphorylation of mTOR and 4E-BP1 and induces atrophy in C2C12 myotubes in vitro (Zhao et al., 2010). On the other hand, knock-down of AMPKα1/2 subunits has been shown to increase myotube diameter, associated with a marked increase in S6K1 and protein synthesis rate (Lantier et al., 2010), an effect that was found to be ablated following treatment with rapamycin. In addition, skeletalmuscle-specific deficient AMPKα1/2 KO mice have increased muscle mass with bigger myofibers and S6K1 signaling (Lantier et al., 2010). AMPK activity is rapidly suppressed when muscles are exposed to increasing concentrations of either leucine or glucose that stimulate increases in muscle protein synthesis and signaling through mTORC1 (Saha et al., 2010). Conversely, activation of AMPK by AICAR reduced leucine- and glucose-stimulated increases in protein synthesis and mTOR phosphorylation (Saha et al., 2010). Clearly, AMPK can modulate mTORC1 signaling which is one of the mechanisms by which protein synthesis can be reduced during cellular stress.

Based on the described relationship between AMPK activity and signaling through mTOR, one would expect that reduced protein synthesis in metabolic diseases are associated with increased levels of AMPK activity. However, the role of AMPK in altered protein metabolism in sarcopenia, obesity and diabetes is unclear. Some reports demonstrate reductions in AMPK signaling in skeletal muscle samples collected from elderly humans (Li et al., 2012), whereas others report no change in the fasted state and increased AMPK phosphorylation following amino acid ingestion (Drummond et al., 2008b). In muscle samples from obese and type 2 diabetes patients, AMPK expression and activation are not significantly different from controls (Hojlund et al., 2004; Steinberg et al., 2004), suggesting that changes in AMPK signaling may not be the primary defect preceding metabolic changes associated with these conditions (Steinberg and Kemp, 2009).

GLYCOLYTIC FLUXIN SKELETAL MUSCLE CAN DIRECTLY REGULATE MTORC1 ACTIVITY

AMPK mediated signaling is not the only way cellular stress or a change in homeostasis signals to mTORC1 to regulate protein synthesis. Recently, it has been demonstrated that glycolysis is linked to the mTORC1 pathway via the direct binding of glyceraldehyde-3-phosphate dehydrogenase (GAPDH) to Rheb in HEK293 and mouse embryo fibroblasts (Lee et al., 2009). The GAPDH-mediated reaction in glycolysis is substrate limited, therefore, GAPDH is well suited to monitor the glycolytic flux. The glycolytic flux regulates the interaction between GAPDH and Rheb, and this interaction inhibits mTORC1 signaling by preventing Rheb from binding to mTOR (Dodson et al., 2013). GAPDH regulates the binding of Rheb to mTOR in a manner that is dependent upon glycolytic intermediates and is independent of the nucleotide-charged status of Rheb. High glycolytic flux suppresses the interaction between GAPDH and Rheb and thus allows Rheb to activate mTORC1, whereas low glycolytic flux enhances the binding of GAPDH and Rheb, ultimately suppressing mTORC1 signaling (Lee et al., 2009, Figure 2). Thus, the GAPDH-Rheb axis may be responsible for more close cross talk between the glycolytic and the mTORC1 pathways, whereas the AMPK-dependent pathways may be responsive to other conditions that alter the AMP/ATP ratio (Figure 2).

The idea that the rate of glycolysis controls more than just carbohydrate metabolism in muscle in vivo is supported by a recent study by Luo et al. (2013). These authors demonstrated that during the development and progression of colorectal cancer, expression of the secreted autophagy-inducing stress protein HMGB1 increased in the muscle of tumor bearing mice. HMGB1administration resulted in a reduction in the protein expression of pyruvate kinase muscle (PKM) isoform 1 leading to a reduction in PKM activity, which was associated with a reduced phosphorylation status of mTOR, increased autophagy, and increased utilization of AAs, glutamine in particular, to produce intermediates for the TCA cycle (Luo et al., 2013). These results are in line with previous observations from Saha et al. (2010) showing that increased glucose availability (25 vs. 5.5 mM) increased mTOR related signaling, independent of changes in ATP/AMP/ADP and creatine phosphate (Saha et al., 2010), but associated with increased lactate-to-pyruvate ratio. These data suggest 1) a higher flux through glycolysis; and 2) decreased NAD+-to-NADH ratio. These changes may suppress the interaction between GAPDH and Rheb and thus allow Rheb to activate mTORC1, and/or reduce the abundance of the NAD+-dependent histone/protein deacetylase SIRT1, ultimately reducing the activity of AMPK (Ruderman et al., 2010). The potential role of PKM and SIRT1in skeletal muscle regeneration will be discussed in more detail below.

A NOVEL ROLE FOR NON-ESSENTIAL AMINO ACIDS IN THE REGULATION OF PROTEIN METABOLISM AND OXIDATIVE STRESS IN SKELETAL MUSCLE

Although NEAAs are generally believed not to be important for the regulation of protein synthesis under normal conditions, studies have indicated that some of these AAs can manipulate muscle protein metabolism during conditions of (chronic low-grade) inflammation or oxidative stress; e.g., during ageing (Wheeler et al., 1999; Roth et al., 2003). AAs such as glutamine and glycine are thought to modulate the production of inflammatory cytokines; thereby reducing the negative impact of these cytokines on protein metabolism.

Originally proposed to serve solely as a metabolic fuel or protein precursor for rapidly dividing cells, glutamine has been found to directly (or indirectly) regulate the expression of many genes related to metabolism, signal transduction, cell defense and repair, and to inhibit the activation of intracellular signaling pathways associated with cellular stress, such as the p38 MAP kinase and ERK pathways (for review see Curi et al., 2005). Examples of specific glutamine target molecules that help protect cells from inflammation and oxidative stress, include the increased expression of heat shock protein 72 and glutathione (Wischmeyer, 2006). Although the mechanism of action of glutamine has been studied in detail, the signaling mechanisms by which glycine can prevent or reduce cellular oxidative stress, and regulate protein synthesis/breakdown, metabolism, and the development of skeletal muscle, are not well understood.

Glycine is a simple NEAA consisting of a single carbon molecule attached to an amino and a carboxyl group. Glycine is often considered biologically neutral and sometimes used as an is onitrogenous control. However, evidence is emerging that glycine administration activates glycine-gated chloride channels in inflammatory cells, thereby effectively reducing [Ca2+]i, cytokine production, and whole-body (systemic) inflammation in several models (Zhong et al., 2003; Roth, 2007). Since increased inflammation plays a key role in the loss of skeletal muscle and adipose tissue with cancer cachexia, we recently tested the hypothesis that increasing glycine availability could represent a simple, safe and promising treatment to reduce wasting (Ham et al., 2013). We found that glycine treatment prevented ~50% of the cancer-induced loss in muscle mass and helped maintain muscle strength in tumor bearing mice. In addition, glycine reduced skeletal muscle IL-6 and F4/80 mRNA (a marker of macrophages) expression, and tended to reduce the oxidized glutathione/total glutathione ratio indicative of a reduction in oxidative stress. Finally, glycine treatment partially prevented the tumor-induced reduction in eIF-3f protein, a key protein in the regulation of mTORC1 binding to S6K1 (Lagirand-Cantaloube et al., 2008), normally seen in cachetic mice. These data suggest that during wasting conditions, the NEAA glycine can modulate anabolic signaling through mTORC1 (Ham et al., 2013). Clearly, glycine affects metabolism in multiple ways, but the exact cellular mechanisms of its action are not completely understood.

LINKING SKELETAL MUSCLE METABOLISM TO SATELLITE CELL BIOLOGY AND REGENERATION

In addition to the important role of metabolism in the regulation of protein balance and skeletal muscle mass, a developing body of literature has identified metabolism as playing an important role in the regulation of cell-fate during the specification and subsequent differentiation of stem-cells, a process that has been termed “metabolic reprogramming” (Lunt and Vander Heiden, 2011; Ryall, 2013).

SKELETAL MUSCLE STEM CELLS—THE SATELLITE CELL

Skeletal muscle is capable of remarkable regeneration in response to injury or trauma, a property conferred on skeletal muscle by the presence of a resident population of stem cells, the satellite cell (SC, Brack and Rando, 2012; Relaix and Zammit, 2012; Yin et al., 2013). First identified by Alexander Mauro in 1961, the SC sits in a unique anatomical location between the sarcolemma of the muscle fiber and the basement membrane that envelops the fiber (Mauro, 1961). The physical space surrounding the SC is termed the “SC niche” (Bentzinger et al., 2013). Interestingly, SCs have been found to co-localize with blood vessels (Christov et al., 2007; Ryall, 2013), placing them in an optimal position to respond to intrinsic signals from both the skeletal muscle fiber itself and changes in the systemic environment.

In healthy adult skeletal muscle, the majority of SCs exist in a quiescent state, outside of the cell cycle, in a state termed G0. In response to injury or trauma, the SC leaves the quiescent state and enters the cell cycle at G1 (activation). The SC then becomes specified to the myogenic lineage (specification/commitment) and progresses through the cell-cycle (proliferation). After several rounds of proliferation, SCs exit the cell cycle and undergo differentiation and fusion to form an immature myotube. Finally, these myotubes mature and grow to form mature myofibers. In this manner, SCs can efficiently repair damaged muscle fibers. Importantly, a small population of SCs exit the cell cycle early and return to the G0 quiescent state, thus ensuring that the SC pool is replenished. Each of these steps is regulated through the coordinated expression of a family of transcription factors—the myogenic regulatory factors (MRFs); MyoD, Myf5, Myogenin, and MRF4 (MRFs, Brack and Rando, 2012; Bentzinger et al., 2013; Yin et al., 2013).

Although many other cell types such as PW1+ (Paternally expressed 3 protein)/Pax7− interstitial cells (PIC), mesoangioblasts and mesenchymal stem cells have been proposed to contribute to myofiber regeneration (Dellavalle et al., 2007; Pannerec et al., 2013), work by Sambasivan and colleagues demonstrated that ablation of SCs led to failure of skeletal muscle regeneration (Sambasivan et al., 2011). These results suggest that while these “secondary” cell types contribute to regeneration they cannot replace the role of SCs. Thus, the remainder of this discussion will focus on SCs, as defined by the presence of the Pax7 transcription factor.

Advances in cell isolation techniques combined with the use of large scale gene arrays has provided a global view of quiescent SCs and insight into the regulation of SC quiescence and subsequent activation. Fukada et al. (2007) studied gene expression of quiescent and proliferating SCs, by combining fluorescence activated cell sorting (FACS) to isolate a pure subpopulation of SCs, followed by microarray analyses on either freshly isolated SCs (quiescent) or ex vivo activated and proliferating SCs. SCs were FACS isolated from a mononuclear suspension using fluorescently labeled antibodies for SM/C-2.6 (target antigen currently unknown) and CD45, with SM/C-2.6+ and CD45− cells defined as the SC population. Utilizing microarray technology, 507 genes were identified with greater than five-fold differential expression in the quiescent vs. the proliferating SC populations. As expected, genes involved in the negative regulation of cell cycle progression were enriched in quiescent SCs. Interestingly, genes encoding regulators of cell-cell adhesion molecules, resistance to oxidative stress, and lipid transporter activity were also enriched in quiescent SCs (Fukada et al., 2007). It has been proposed that signaling through cell-cell adhesion molecules maintains SCs in an undifferentiated quiescent state, while resistance to oxidative stress is essential for all stem cell populations, so as to prevent free radical induced damage to the DNA. However, the importance of lipid transport and FAO in quiescent SCs has yet to be investigated.

In support for a role of FAO in the regulation of a stem-cell population, Ito and colleagues have shown that FAO may play a role in regulating hematopoietic stem-cell (HPSC) fate decisions (Ito et al., 2012). In this study the authors focussed on the role of peroxisome proliferator-activated receptor δ (PPARδ), which has been implicated in nutrient sensing and transcriptional regulation of genes involved in FA transport and FAO during stem-cell self-renewal (Takahashi et al., 2007). The inhibition of PPARδ or FAO in the context of HPSCs led to a decrease in self-renewal, and a decrease in the ratio of asymmetric to symmetric division in these cells. In contrast, treatment of HPSCs with a PPARδ agonist improved the maintenance of the HPSC population and increased the proportion of asymmetric divisions (Ito et al., 2012). This exciting study provided evidence that the PPARδ-FAO pathway may play an important role in the control of stem cell fate and, in particular, the control of asymmetric division of HPSCs.

METABOLIC REPROGRAMMING—LINKING METABOLISM TO TRANSCRIPTION AND THE REGULATION OF STEM CELL FATE

The first evidence linking a change in cellular metabolism to a change in cell state was provided by Otto Warburg in 1956, who found that tumor cells preferentially utilized the glycolytic pathway even in the presence of oxygen (Warburg, 1956). This process was referred to as aerobic glycolysis, and later the “Warburg effect.” Since this seminal finding a significant body of work has focussed on the altered metabolism that occurs in tumor cells, and it has recently been proposed as a core hallmark of cancer (Ward and Thompson, 2012). Interestingly, a process of metabolic transformation has been identified in stem-cell populations during changes in cell-fate, with an explosion of interest in this area over the last 2–3 years. Through advances in developmental, cancer and stem-cell biology, it has become apparent that changes in cellular metabolism play a large role in the regulation of stem cell function—a process termed “metabolic reprogramming.” Studies in embryonic stem cells (ESCs), and induced pluripotent stem cells (iPSCs) revealed that in these highly proliferative populations there is an increased reliance upon glycolysis and a reduced level of OXPHOS, compared with cells undergoing differentiation (Folmes et al., 2011; Zhang et al., 2011, 2012). The increased reliance on glycolysis has been attributed to the requirement of these cells to have access to a large supply of carbon and nitrogen for the generation of new biomass in these proliferating cells (Lunt and Vander Heiden, 2011, Figure 3). In contrast, studies in adult stem cell populations (that exist in a quiescent state, such as human T cells and resting B cells) have indicated that these cell populations rely upon FAO and OXPHOS, and upregulate markers of glycolysis upon a shift toward active proliferation (Wang et al., 2011; Le et al., 2012).
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FIGURE 3. Highly proliferative cell populations, such as some tumors, ESCs, iPSCs, and SCs require a ready supply of carbon and nitrogen for the generation of new biomass (nucleotides, proteins, phospholipids). To achieve this, many highly proliferative cell populations switch to a predominantly glycolytic based metabolism, but upregulate the PKM2 splice isoform of pyruvate kinase. In this manner, proliferating cells can build up sufficient glycolytic intermediates for the biomass necessary for cell division.



Clearly, the energetic demands and need for new biomass will differ for SCs during periods of quiescence, proliferation and differentiation. Thus, SCs must reprogram their metabolic profile to match these altered conditions. Evidence of a link between metabolism, SC identity and transplant efficiency has been provided by a recent study focussed on caloric restriction (CR, Cerletti et al., 2012). Mice were given a diet consisting of 60% of the caloric intake of standard ad lib fed mice for 12 weeks. At the completion of this dietary intervention there was an increase in total SC number, increased SC mitochondrial abundance and OXPHOS activity, and an increased proliferative capacity of SCs. Furthermore, the increase in OXPHOS activity observed in SCs isolated from CR mice was associated with a two-fold increase in the transplant efficiency of these cells (Cerletti et al., 2012). Interestingly, when control SCs were transplanted into a CR host animal there was a similar improvement in transplant efficiency; indicating that both intrinsic SC factors and the host environment may influence the overall efficacy of SC transplant therapies (Cerletti et al., 2012).

The “golden age of biochemistry” in the first half of the 20th century helped define the majority of the metabolic pathways responsible for nutrient breakdown, however, it is only recently that a potential link between metabolism and cellular identity has been proposed (Deberardinis et al., 2008; Daley, 2012; Deberardinis and Thompson, 2012). As the metabolic state of a cell reflects the integrated response to both intracellular energy demands and the extracellular environment, alterations to either can lead to changes in metabolite balances (NAD+/NADH, ADP/ATP, GDP/GTP), cellular pH, oxygen availability, small molecules (acetyl-CoA, methionine), voltage gradients and many more. All of these metabolically regulated changes can lead to differential regulation of transcription, and changes in cell identity (Lu and Thompson, 2012).

Acetyl-CoA and histone acetylation

Chromatin structure and organization is carefully regulated through a series of dynamic post-translational modifications, including (but not limited to) acetylation, methylation, phosphorylation, and ubiquitination. These modifications can alter the accessibility of the DNA to transcription initiating factors. One common histone modification, acetylation, has been found to be regulated in a metabolic dependant manner (Wellen et al., 2009; Lu and Thompson, 2012). Histone acetylation occurs via the actions of a histone acetyltransferase (HAT) in a reaction that transfers the acetyl group from acetyl-CoA to a specific residue (typically lysine) on the histone tail. In a study by Wellen et al. (2009) glucose was found to be the primary source of acetyl-CoA used in histone acetylation via conversion of mitochondrial derived acetate, induced by the enzyme ATP-citrate lyase (ACL). In this study, the authors used siRNA to demonstrate that ACL is essential for histone, but not protein acetylation. These results suggest that the acetyl pool used for protein acetylation may not be the same as that used for histone acetylation (Rathmell and Newgard, 2009). Importantly, a switch in substrate availability/utilization could lead to a rapid alteration in acetyl-CoA availability and histone acetylation status. Whether such a switch exists in SCs, and what role it may have, remains an intriguing possibility.

NAD+ and the sirtuin family of histone/protein deacetylases

The class III family of histone/protein deacetylases, the sirtuin family, consists of seven members, all of which contain a conserved core catalytic domain and differ in their C- and N-terminal domains (Ryall, 2012). Unlike class I and II histone deacetylases (HDACs), sirtuins require NAD+ for their deacetylase activity. One of the best described sirtuins, SIRT1 acts as a catalyst to transfer the acetyl group of the protein target to NAD+ to produce nicotinamide (NAM), 2′-O-acetyl-ADP ribose, and the deacetylated target protein. Due to the reliance upon NAD+, SIRT1 can be considered as an “energy sensor” that is activated in response to an increase in NAD+ availability. At the level of whole skeletal muscle SIRT1 has been found to target a range of histone and protein targets, including histones H3K9 and H4K16, and the transcription factors PGC1α, MyoD, and FoxO1/3a (Fulco et al., 2003, 2008; Vaquero et al., 2006).

In 2003 Fulco and colleagues identified SIRT1 as an important regulator of skeletal muscle gene expression (Fulco et al., 2003). In this study the authors demonstrated that increased SIRT1 activity lead to inhibition of C2C12 differentiation, and reduced the expression of Myogenin (Myog) a master regulator of differentiation. In a follow up study, these authors went on to demonstrate that during periods of reduced nutrient availability, C2C12 differentiation was inhibited in both a SIRT1 and NAD+ dependent manner. Interestingly, the NAD+ salvage enzyme nicotinamide phosphoribosyltransferase (Nampt, responsible for the conversion of nicotinamide back to NAD+) was found to mediate the effects of nutrient deprivation on myogenic differentiation (Fulco et al., 2008). However, the role of SIRT1 (and indeed NAD+) has yet to be investigated in SCs, particularly during important cell fate decisions such as myogenic commitment and the process of differentiation.

While SIRT1 is the best described of the sirtuin family (in the context of skeletal muscle), there exists six other mammalian sirtuins all of which have been found to regulate metabolism in many tissues (Chang and Guarente, 2013). Currently, very little is known about the role (if any) of SIRT2-6 in SCs, however a number of recent studies have begun to identify a role for some of these deacetylases in skeletal muscle. SIRT3 is localized to the mitochondria and has been found to promote the activity of a number of important mitochondrial enzymes, including pyruvate dehydrogenase, in a deacetylation dependent manner (Fernandez-Marcos et al., 2012; Jing et al., 2013). The SIRT4 isoform (also localized to the mitochondria) can regulate lipid metabolism via deacetylation of the malonyl CoA decarboxylase (MCD) enzyme leading to its inhibition and subsequent lipogenesis (Laurent et al., 2013). Finally, SIRT6 has been found to (indirectly) negatively regulate AKT phosphorylation, and subsequent hypoglycaemia via increased transport of glucose into skeletal muscle (Xiao et al., 2010).

Serine/glycine metabolism and histone methylation

Similarly to the requirement for acetyl-CoA for histone acetylation, histone methylation requires S-adenosyl (SAM) methionine as a methyl-donor. Shyh-Chang and colleagues have recently demonstrated a requirement for the amino acid threonine in histone H3K4 trimethylation (H3K4me3) in pluripotent mouse embryonic stem cells (mESC, Shyh-Chang et al., 2013). Interestingly, these authors determined that threonine was a requirement for H3K4me3 and H3K4me2, but not H3K4me1, H3K9me3, H3K27me3 or H3K26me3, suggesting that threonine levels regulate the methylation status of specific lysine residues. However, similarly to acetyl-CoA metabolism, the role of threonine metabolism in SC quiescence, proliferation and differentiation has not been investigated.

Utilizing chromatin immunoprecipitation, followed by whole genome sequencing (ChIPseq), it is possible to obtain a global enrichmentprofile of specific histone modifications. Liu and colleagues used ChIPseq to analyse the global expression profile of histone H3K4me3 and H3K27me3 in FACS isolated quiescent and proliferating SCs (Liu et al., 2013), and found that while both quiescent and proliferating SCs exhibited similar H3K4me3 profiles, the global level of H3K27me3 was significantly enriched. As expected (due to its link to gene silencing) many genes that were down regulated in proliferating SCs exhibited a dramatic enrichment of H3K27me3 throughout the gene body. In a previous study by Juan and colleagues, the histone methyltransferase Ezh2 was found to be an essential regulator of SC identity and self-renewal. While not present in quiescent SCs, Ezh2 was rapidly upregulated in activated and proliferating SCs, leading to H3K27me3 and inhibiting the expression of transcription factors known to regulate non-myogenic lineages (Juan et al., 2011).

Differential splicing of pyruvate kinase, and histone phosphorylation

Differential splicing of PKM at exons 9 and 10 has been found to be an important regulator of the decision to shunt glycolytic intermediates for breakdown to acetyl-CoA (which will enter the mitochondria and the TCA cycle), or to instead enter the PPP to produce nucleotides, proteins and phospholipids for cell growth (Gupta et al., 2011; Macintyre and Rathmell, 2011). Inclusion of exon 9 produces PKM1, which catalyzes the dephosphorylation of phosphoenolpyruvate (PEP), and promotes the entry of pyruvate into the mitochondria for conversion to acetyl-CoA. In contrast, exon 10 inclusion produces the PKM2 splice isoform which has a reduced affinity for PEP, and leads to the build-up of glycolytic intermediates available for entry into the PPP (Gupta et al., 2011). Interestingly, highly proliferative stem-cells such as ESCs and tumor cells exhibit preferential transcription of PKM2—indicating that PKM may play an important role in the process of stem-cell metabolic reprogramming (Lv et al., 2011; Ye et al., 2012). Similarly, proliferating C2C12 cells exhibit preferential transcription of the PKM2 splice isoform, which has been proposed to be essential to allow the cells to generate sufficient intermediates for the generation of new macromolecules (Harada et al., 1995; David et al., 2010).

A LINK BETWEEN SKELETAL MUSCLE FIBER METABOLISM AND SATELLITE CELL DENSITY

The space that surrounds the SC between the basal lamina and sarcolemma has been termed the “SC niche” (Lander et al., 2012). The majority of adult stem-cells have been found to localize to a specialized niche, and a number of exciting studies have proposed that SC function can be regulated via changes to the niche environment (Gilbert et al., 2010; Chakkalakal et al., 2012). It is interesting to postulate that the metabolic milieu of the SC niche may be different from that of the muscle fiber and/or the extracellular space. Thus muscle damage would be expected to destroy the niche and expose the SC to an altered metabolic environment, leading to rapid changes in both nutrient uptake and intracellular metabolism.

In addition to the local niche milieu (open to influence via changes in the systemic environment), SC numbers can be influenced by the fiber they are attached to, with an increased number of SCs associated with fibers that are predominantly oxidative (slow, type I fibers), compared with fibers that rely primarily on glycolysis (fast, type II fibers) (Putman et al., 2001; Christov et al., 2007). However, whether this is due to direct signaling from the fiber to the SC population and what role the metabolic status of the fiber may play in SC biology, has yet to be investigated.

Both physiological and pathological changes in metabolism can influence stem-cell number and function. Interestingly, interventions that promote a shift in skeletal muscle metabolism from glycolysis to OXPHOS, such as chronic low-frequency stimulation (LFS) of the peroneal nerve (a model of endurance exercise training), have been observed to lead to an increase in SC number (Putman et al., 1999, 2001). While LFS is a well characterized model in regards to effects on whole muscle and single fiber metabolism, very little is known regarding the effects on SC metabolism.

CONCLUSIONS

While a wealth of information exists on the role of metabolism in health and disease, it is only more recently that we are beginning to appreciate the close link between metabolism and skeletal muscle wasting and regeneration. The studies presented in the current discussion have identified numerous ways in which metabolism can directly influence protein synthesis and transcription. It is in this manner that metabolic remodeling can play a large role in both physiologic and pathologic adaptations during a disruption in homeostasis. However, it is also clear that significant questions remain regarding the role of metabolism in skeletal muscle, particularly with reference to its role in regulating SC biology and skeletal muscle regeneration.
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Sphingosine 1-phosphate (S1P) is a bioactive lipid involved in the regulation of biological processes such as proliferation, differentiation, motility, and survival. Here we review the role of S1P in the biology and homeostasis of skeletal muscle. S1P derives from the catabolism of sphingomyelin and is produced by sphingosine phosphorylation catalyzed by sphingosine kinase (SK). S1P can act either intracellularly or extracellularly through specific ligation to its five G protein-coupled receptors (GPCR) named S1P receptors (S1PR). Many experimental findings obtained in the last 20 years demonstrate that S1P and its metabolism play a multifaceted role in the regulation of skeletal muscle regeneration. Indeed, this lipid is known to activate muscle-resident satellite cells, regulating their proliferation and differentiation, as well as mesenchymal progenitors such as mesoangioblasts that originate outside skeletal muscle, both involved in tissue repair following an injury or disease. The molecular mechanism of action of S1P in skeletal muscle cell precursors is highly complex, especially because S1P axis is under the control of a number of growth factors and cytokines, canonical regulators of skeletal muscle biology. Moreover, this lipid is crucially involved in the regulation of skeletal muscle contractile properties, responsiveness to insulin, fatigue resistance and tropism. Overall, on the basis of these findings S1P signaling appears to be an appealing pharmacological target for improving skeletal muscle repair. Nevertheless, further understanding is required on the regulation of S1P downstream signaling pathways and the expression of S1PR. This article will resume our current knowledge on S1P signaling in skeletal muscle, hopefully stimulating further investigation in the field, aimed at individuating novel molecular targets for ameliorating skeletal muscle regeneration and reducing fibrosis of the tissue after a trauma or due to skeletal muscle diseases.
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INTRODUCTION ON SKELETAL MUSCLE

Skeletal muscle represents about 40% of the entire body weight. The functional and structural constituent of skeletal muscle is the myofiber, multinucleated cell that derives from the fusion of mesodermal precursors named myoblasts. Each myofiber is delimited by the basal lamina and is composed of myofibrils of actin and myosin, organized as a sarcomere, the functional unit of skeletal muscle. On the basis of their physiological features, muscle fibers can be distinguished into slow contracting, fatigue resistant fibers and fast contracting, fatigue sensitive fibers.

Skeletal muscle exerts physiological roles relevant for the control of body metabolism since it accounts for bloodstream aminoacid disposal in fasting condition and for removing excess glucose by favoring glycogen accumulation in response to insulin after a meal. Moreover, by releasing heat during force generation it contributes to body temperature maintenance.

During development, the number of myofibers following myoblast fusion increase, while in adulthood skeletal muscle is stable beyond infrequent fusion of satellite cells to compensate physiologic turnover. Following a trauma, injury, or disease skeletal muscle has indeed the potential to regenerate thanks to an highly orchestrated process driven by satellite cells and their niche (Yin et al., 2013).

Satellite cells are the resident stem cells of the skeletal muscle, located between the basal lamina of muscle fibers and the plasma membrane. Even if it is known that satellite cells derive from somites, their exact progenitor cell is still elusive. Satellite cells are quiescent in adult skeletal muscle and represent 3–6% of the total nuclei in the fiber (Tedesco et al., 2010). When activated, they start proliferating and can generate in few days a large number of myofibers: it has been demonstrated that few as seven satellite cells transplanted into irradiated muscle of dystrophic immune-deficient mice led to an increase of 100 new muscle fibers with thousands of myonuclei (Collins et al., 2005). Activated satellite cells cultured on plastic collagen-coated dishes are named “satellite cell-derived myoblasts” or myogenic precursor cells distinct from a functional and molecular point of view from freshly isolated satellite cells, possibly due to the absence of their niche (Dhawan and Rando, 2005; Pallafacchina et al., 2010). Stem cells can self-renew in asymmetric and symmetric division. In asymmetric division the parental stem cell divides into two different daughter cells, one remains stem cell, the other fated to differentiate. In symmetric division the parental stem cell gives rise to two daughter stem cells of equal stemness. Satellite cells can undergo asymmetric and symmetric division and non-canonical Wnt signaling plays a role in the regulation of self-renewal (Chargé and Rudnicki, 2004; Troy et al., 2012). A number of satellite cell markers have been identified such as Pax3, Pax7, Myf5, M-cadherin, cMet, CD34, CXCR4, although they are not unique and there is not complete correspondence between mouse and human (Yin et al., 2013).

In addition to satellite cells, other skeletal muscle progenitors including pericytes (Dellavalle et al., 2011), mesoangioblasts (Minasi et al., 2002), bone marrow stem cells (LaBarge and Blau, 2002), and interstitial cells (Mitchell et al., 2010) located outside the myofiber, have been demonstrated to have the ability to regenerate skeletal muscle, although to a negligible extent compared with satellite cells (Judson et al., 2013). Nowadays there is a great interest in understanding the molecular mechanisms of skeletal muscle regeneration since it will permit the development of cell therapies for skeletal muscle diseases such as muscular dystrophies (Tedesco et al., 2010), a group of inherited disorders characterized by progressive muscle wasting and depletion of the satellite cell pool after extensive cycle of regeneration (Carlson and Conboy, 2007; Chakkalakal et al., 2012; Pannérec et al., 2012; García-Prat et al., 2013). Muscular dystrophies are indeed very difficult to treat because skeletal muscle is composed of hundreds of millions of post-mitotic nuclei.

SPHINGOLIPID METABOLISM AND SPHINGOSINE 1-PHOSPHATE FORMATION

During the last 20 years, sphingolipids, initially considered structural component of eukaryotic membranes, have been highlighted as a crucial molecules involved in the regulation of fundamental biological processes such as cell migration, survival, proliferation, differentiation, adhesion, and implicated in inflammation, tumorigenesis, immunity and vascular development (Hannun and Obeid, 2008; Maceyka et al., 2012). In this review we will focus on the role of the bioactive sphingolipid sphingosine 1-phosphate (S1P), its metabolism, its receptors and its cross-talk with growth factors and cytokines in skeletal muscle biology and physiology.

Ceramide, a largely known effector of stress responses (Zeidan and Hannun, 2010) plays a central role in sphingolipid metabolism. The first step in the de novo pathway of ceramide production is the condensation reaction catalyzed by the enzyme serine palmitoyl transferase to form dihydrosphingosine from palmitoyl-CoA and the aminoacid serine. Dihydrosphingosine is then acylated by the action of ceramide synthase to dihydroceramide which is then desaturated to ceramide by the enzyme ceramide desaturase. Ceramide can be also generated by the breakdown of membrane sphingomyelins, catalyzed by the action of various sphingomyelinases or by the degradation of complex glycosphingolipids by the action of glucosylceramidases. The acyl chain of ceramide is then removed by the action of ceramidases and the amino alcohol sphingosine is produced. Sphingosine can be reconverted to ceramide by the action of ceramide synthase via the so-called salvage pathway mechanism. Sphingosine can be phosphorylated in an ATP-dependent manner to S1P by the enzymes sphingosine kinase (SK) 1 and SK2. S1P can be dephosphorylated back to sphingosine by the action of two specific S1P phosphatases and by three lipid phosphate phosphatases. Alternatively, S1P is irreversibly degraded by the action of S1P lyase (SPL) into hexadecenal and phosphoethanolamine.

SK1 is a cytosolic enzyme which contains residues that bind acidic phospholipids that contribute to its intracellular localization (Stahelin et al., 2005). Numerous agonists have been reported to be able to activate SK1, including growth factors, hormones, cytokines, and G protein-coupled receptors (GPCR) ligands. Following ERK phosphorylation at serine 225, SK1 translocates to plasma membrane where its substrate sphingosine is localized (Pitson et al., 2003). The regulation of SK localization within the cell is the major mechanism by which the enzyme affects sphingolipid metabolism since only minute increases in the activity are reported following stimulation with different agonists. Once produced, S1P, precisely partitioned into plasma membrane microdomains, is then locally released to activate S1P receptors (S1PR) acting in autocrine and/or paracrine manner. This process is called “inside-out” signaling. Different transporters have been implicated in S1P export such as the ATP binding cassette transporters, ABCC1 (Mitra et al., 2006), ABCA1 (Sato et al., 2007), ABCG2 (Takabe et al., 2010), and more recently the specific spinster 2 (Spns2) (Kawahara et al., 2009); however, no information on their role in skeletal muscle is presently available. Additionally, since the chloride ion channel CFTR has a role in mediating S1P transport and signaling in heart (Meissner et al., 2012) and lack of CFTR causes functional alteration in skeletal muscle (Divangahi et al., 2009), it will be of interest to further investigate this issue.

In contrast to SK1, SK2 is localized in several intracellular compartments such as endoplasmic reticulum, nucleus, and mitochondria. Even if it is known that ERK-mediated phosphorylation is required for SK2 activation, the exact mechanism of SK2 regulation is still elusive. While SK1-formed S1P is rapidly exported outside the cell through the transporters localized at the plasma membrane, SK2-produced S1P at the level of mitochondria and endoplasmic reticulum is likely rapidly degraded or dephosphorylated by SPL and phosphatases present in close proximity. Therefore, SK2 has, in respect to SK1, an enhanced ability to recycle sphingoid bases for ceramide synthesis (Le Stunff et al., 2007). Compared to SK1, less is known about the mechanism of SK2 regulation. It has been reported that EGF and phorbol ester (Hait et al., 2007) activates the enzyme. Moreover, under hypoxia an increase in SK2 protein level and enzymatic activity has been demonstrated (Schnitzer et al., 2009).

Bioactive S1P can either function as ligand of a family of GPCR named S1PR and through intracellular targets, some of them recently identified. There are five specific S1PR, S1PR1−5, all with low nM Kd values. Since these receptors couple to multiple α subunits of heterotrimeric G proteins and are differentially expressed in diverse cell types and tissues, they induce the activation of different downstream targets such as ERK, Rac, Rho, JNK, adenylyl cyclase, phospholipase C, thus evoking distinct, sometimes overlapping or opposite, biological responses. While S1P1−3 are ubiquitously expressed, S1P4 and S1P5 are tissue specific, being mostly expressed in the lymphoid and central nervous system, respectively (Spiegel and Milstien, 2003). S1P1 plays a crucial role in angiogenesis, indeed its deletion in mice is embryonic lethal due to hemorrhage for incomplete vascular maturation since pericytes do not migrate to the nascent endothelial tubes (Liu et al., 2000). S1P2 null mice are deaf indicating that S1P2 is required for proper development of the auditory and vestibular systems (Kono et al., 2007). Unlike S1P1 null mice, S1P3 deletion in mice do not generate any obvious phenotype.

A number of cytokines and growth factors have been reported to regulate the expression of the enzymes of S1P metabolism (Lebman and Spiegel, 2008). In addition to S1PR transactivation following stimulation with growth factors and cytokines, S1P ligation to its receptors also transactivates growth factor tyrosine kinase receptors. This mutual functional cross-talk regulates fundamental biological processes such as growth, differentiation, and motility in various cell types.

Many data reported in literature support that the intracellular role of S1P is that of counteracting the biological actions of ceramide in the so-called “rheostat model” where the S1P-forming enzyme SK plays a crucial role. Although S1P was discovered as intracellular messenger (Olivera and Spiegel, 1993), only recently, some of the intracellular targets of S1P have begun to be identified. SK2 present in the nucleus has been demonstrated to form a complex with histone H3 and histone deacetylases (HDACs). SK2-produced S1P binds to and inhibits HDAC1/2, thus contributing to the regulation of the epigenetic control of specific genes (Hait et al., 2009). Instead, tumor necrosis factor receptor associated factor 2 (TRAF2), a crucial component in NFkB signaling triggered by TNFα, has been reported as intracellular target for S1P produced by SK1. Indeed, S1P formed by SK1, which is known to co-localize with TRAF2 (Xia et al., 2002) has been found to bind to TRAF2 and stimulate its dormant ubiquitin ligase activity upstream of NFkB activation (Alvarez et al., 2010). Moreover, SK2-produced S1P in the mitochondrion binds in vitro and in vivo to prohibitin 2, a conserved protein that regulates mitochondrial assembly and function. SK2 null mice display reduced mitochondria respiration, suggesting that S1P/prohibitin 2 interaction is physiologically relevant for mitochondrial function (Strub et al., 2011).

BIOLOGICAL ROLE OF S1P IN SATELLITE CELLS

A number of recently published papers support the role of S1P axis in the regulation of muscle resident satellite cell biology. Indeed, S1P was identified as one of the few extracellular cues capable of stimulating quiescent satellite cells to enter the cell cycle (Nagata et al., 2006). Inhibition of S1P formation by incubation with the SK inhibitor dimethylsphingosine (DMS) significantly reduced satellite cell activation in response to mitogen and impaired satellite cell-driven muscle regeneration in response to in vivo damage induced by cardiotoxin. Moreover, the authors showed that the degradation of the sphingomyelin inner leaflet pool accounts for the generation of S1P, then regulating satellite cell activation. In line with these findings, Calise et al. have characterized the S1PR involved in the mitogenic effect of S1P and the underlying mechanism of action (Calise et al., 2012). Satellite cells express 4 out of 5 S1PR, S1PR1−4, being S1P3 the most expressed one in growing conditions. Indeed, by utilizing specific receptor antagonist and siRNA silencing, S1P was demonstrated to stimulate labeled thymidine incorporation by engagement of S1P2 and S1P3 in a PI3K-dependent manner. Moreover, the authors demonstrated also that S1P positively stimulates satellite cell migration via specific ligation to S1P1 and S1P4. This latter finding, for the first time, highlights the role of S1P4 in skeletal muscle beyond its already established relevance in lymphoid tissue. Very recently it has been shown that S1P3 suppresses cell cycle progression in murine satellite cells (Fortier et al., 2013). Indeed, satellite cells isolated from S1P3 null mice showed enhanced ex-vivo proliferation, while retrovirally-mediated constitutive expression of S1P3 inhibited cell proliferation of satellite cells.

BIOLOGICAL ROLE OF S1P IN OTHER SKELETAL MUSCLE PROGENITORS

Skeletal muscle regeneration, besides being due to the presence of resident satellite cells in skeletal muscle, is carried on, in vivo or after transplantation, by progenitors that originates outside the basal lamina such as pericytes, interstitial cells, mesoangioblasts, and adipose tissue-derived mesenchymal stem cells (ASC). The characterization of the molecular mechanism of the myogenic potential of these progenitors is nowadays of great interest since such kind of knowledge could be applied in the development of cell therapies for diseases characterized by skeletal muscle degeneration. S1P axis has been shown to play a role in the regulation of fundamental biological parameters such as proliferation, migration and differentiation of multipotent adult stem cells such as mesoangioblasts (Donati et al., 2007a, 2009, 2011), and ASC (Nincheri et al., 2009).

Mesoangioblasts (Minasi et al., 2002) are vascular progenitors associated with dorsal aorta in avian and mammalian species, that when transplanted in vivo give rise to multiple mesodermal cell types such as osteoblasts, chondrocytes, and muscle cells. They show an extensive ability of in vitro self-renewing and upon injection, are able to cross the endothelial barrier and can fuse with muscle fibers, contributing to their regeneration. Indeed, mesoangioblasts have been demonstrated to contribute to muscle regeneration in animal models of muscular dystrophy such as α-sarcoglycan null mice (Sampaolesi et al., 2003) and golden retriever dystrophic dogs (Sampaolesi et al., 2006). S1P1−3 were detected at mRNA level in mesoangioblasts with S1P3 the predominantly expressed receptor. S1P has been demonstrated to potently stimulate mesoangioblast proliferation in S1P2-dependent manner (Donati et al., 2007a). Moreover, the bioactive sphingolipid successfully contrasted the apoptosis induced by different apoptogenic stimuli, without engagement of S1PR. It is important to note that pre-treatment of mesoangioblasts with S1P enhanced their survival when injected in the tibialis anterior muscle of α-sarcoglycan null dystrophic mice, further supporting a role for the sphingolipid in preventing programmed cell death. Moreover, the SK/S1P axis was found to be involved in the anti-apoptotic action exerted by TGFβ in these cells (Donati et al., 2009). RNA silencing or overexpression of dominant negative mutant form of SK1 highlighted a key role of SK1 but not SK2 in mediating TGFβ pro-survival action. The cytokine increased SK activity and up-regulated SK1 expression which was down-regulated by the apoptotic challenge. A successive study demonstrated the crucial role of the cross-talk between S1P and TGFβ in the biology of mesoangioblasts. Data obtained by a cDNA microarray study, validated by real time PCR and immunofluorescence microscopy approaches, highlighted that S1P exerts a strong differentiating action of mesoangioblasts toward smooth muscle cells. Interestingly it was shown that S1P axis was required by TGFβ to exert its differentiating activity toward smooth muscle on mesoangioblasts. The study individuated also the transcription factor GATA6 as a novel player in the complex transcriptional regulation of mesoangioblast differentiation to smooth muscle. S1P up-regulated the expression of GATA6 which was responsible for the enhanced expression of smooth muscle contractile proteins. By specific silencing of GATA6 it was demonstrated that the transcription factor was critical also in the pro-differentiating activity of TGFβ (Donati et al., 2011).

ASC are mesenchymal stem cells able to differentiate into different mesodermal lineages (Chamberlain et al., 2007). Being relatively easy to isolate and able to rapidly proliferate in vitro, these cells are promising in the development of cell therapy tools. S1P administration to ASC up-regulated the expression of smooth muscle protein markers, induced the appearance of calcium currents and of actin cytoskeleton reorganization typical of smooth muscle cells. S1P differentiating action was found to rely on S1P2 engagement while S1P3 role was less critical (Nincheri et al., 2009).

BIOLOGICAL ROLE OF S1P SIGNALING AXIS IN MYOBLASTS

C2C12 cell line is a subclone of the parental C2 cells which differentiate into myotubes in appropriate culture condition, after serum deprivation (Yaffe and Saxel, 1977; Blau et al., 1985). This model is therefore widely used as a tool to study the myogenic differentiation process and the involved molecular mechanisms.

C2C12 cells express 4 out of 5 S1PR, S1P1−4, being S1P1 the most expressed receptor (Meacci et al., 2003; Bruni and Donati, 2013; Donati et al., 2013). Earlier reports showed that in C2C12 cells exogenous S1P activates a number of signaling pathways: indeed it induced a rapid stimulation of phospholipase D activity (Meacci et al., 1999) and a transient and rapid membrane association of RhoA (Meacci et al., 2000) in a PKC-dependent manner. Moreover, the bioactive lipid was demonstrated to induce Ca2+ mobilization in a S1P2/3-dependent manner (Meacci et al., 2002). Interestingly, differentiation of C2C12 myoblasts into myotubes was accompanied by deep changes in expression of S1PR. Indeed, S1P2 was down-regulated while S1P3 was up-regulated in differentiated cells (Meacci et al., 2003), suggesting that S1P2 plays a role in myoblasts but is dispensable in myotubes. The crucial role of S1P2 in myogenic differentiation of C2C12 myoblasts was demonstrated in a later study, where S1P was shown to exert via this receptor subtype a negative action on serum-induced proliferation and to act as a potent inducer of differentiation (Donati et al., 2005). The role of S1P2 was demonstrated by pharmacological and genetic approaches. The involvement of S1P2 in myogenic differentiation was further confirmed by a subsequent report where the compound K6PC5, a synthetic derivative of ceramide, previously shown to induce SK1 activation in keratinocytes (Kwon et al., 2007), stimulated myoblast differentiation in a S1P2-dependent manner (Bernacchioni et al., 2011).

S1P2 was also identified as the responsible for the inhibitory effect on myoblast directional motility and insulin like growth factor-1 (IGF-1)-induced chemotaxis exerted by S1P in C2C12 myoblasts (Becciolini et al., 2006), in line with the anti-migratory action of this receptor demonstrated in other cell systems (Arikawa et al., 2003; Lepley et al., 2005). In this study was also established the involvement of RhoA activation in the negative regulation of cell motility.

During muscle regeneration, following satellite cell activation and migration to the site of lesion, inhibition of myoblast motility and differentiation into myotubes takes place in a highly orchestrated manner. In view of its role as muscle pleiotropic regulatory molecule, S1P exerts a dual role on cell migration, stimulating at first migration of activated satellite cells (Calise et al., 2012) and then inhibiting that of C2C12 myoblasts (Becciolini et al., 2006), subsequently to a timely remodeling of S1PR expression pattern, thus favoring skeletal muscle repair (Table 1).

Table 1. Role of sphingosine 1-phosphate on cell proliferation and migration in myoblasts and activated satellite cells.
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During in vitro differentiation of C2C12 myoblasts, a small population of cells, named reserve cells remains undifferentiated, thus resembling quiescent satellite cells (Yoshida et al., 1998). The analysis of the role of S1PR in regulating cell proliferation highlighted that in reserve cells, S1P, via specific coupling to S1P1, stimulates cell proliferation similarly to what demonstrated in satellite cells but differently from what shown in myoblasts (Rapizzi et al., 2008). In view of the finely regulated expression of S1PR during commitment and differentiation of myogenic precursors which drive different biological outcomes of the bioactive lipid, future studies are required to characterize the specific molecular mechanisms regulating the differential expression of S1PR and their coupling.

Successive studies have elucidated some downstream events implicated in the promyogenic effect of the sphingolipid. Indeed, exogenous addition of S1P to C2C12 myoblasts up-regulated the expression of the gap junctional protein connexin-43 (Squecco et al., 2006), and the transient receptor potential cation channel, a component of the stretch activated channel (Formigli et al., 2007; Meacci et al., 2010).

The role of S1P metabolism, with special attention to SK, the enzyme responsible for S1P production, in the regulation of C2C12 cell growth and differentiation has been highlighted. Indeed, the expression of SK1 was found to be enhanced in differentiating myoblasts (Meacci et al., 2008). Additionally, when overexpressed, SK1 was responsible for a significative reduction of myoblast proliferation rate, while it enhanced the appearance of a differentiated phenotype and the expression of myogenic marker proteins. On the contrary, when SK1 was silenced or a dominant negative mutant form of the enzyme was overexpressed, myoblast proliferation was increased and myogenic differentiation rate was reduced. The role of S1P2 in myogenic differentiation was also confirmed in this study, since when the receptor was silenced, the pro-myogenic action of SK1 overexpression was abolished. Therefore, although in the literature SK1 has been reported to have a mitogenic role (Maceyka et al., 2012), in myoblasts this enzyme displays an opposite biological effect.

As outlined above, SK activity is under the control of a variety of growth factors, cytokines, neurotransmitters, and hormones (Maceyka et al., 2012), which leads to the existence of functional cross-talks further complicating S1P signaling. Following the demonstration of the role of SK1 in myogenesis, several reports have shown that a number of growth factors and cytokine, known as crucial regulator of skeletal muscle biology, co-opt S1P signaling (Figures 1, 2). The pro-inflammatory cytokine TNFα, which is critically implicated in the remodeling of skeletal muscle (Li and Schwartz, 2001), at low doses has been shown to translocate SK1 to membrane and, via S1P2 engagement, to stimulate C2C12 myoblast differentiation (Donati et al., 2007b). Notably, IGF-1, one of the most important physiological regulator of skeletal muscle regeneration (Pedersen and Febbraio, 2012), activates both SK isoforms, SK1 and SK2, and via specific transactivation of S1P2, exerts its myogenic action (Bernacchioni et al., 2012). Moreover, IGF-1 is also responsible for SK-dependent transactivation of S1P1 and S1P3 that in turn reduce the mitogenic effect of the growth factor.
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FIGURE 1. Schematic diagram of the biological actions evoked by S1PR transactivation by some growth factors in C2C12 myoblasts.
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Figure 2. Schematic diagram of the biological actions evoked by S1PR transactivation by some cytokines in C2C12 myoblasts.



Interestingly, also platelet derived growth factor (PDGF), another growth factor relevant for the biology and the repair of skeletal muscle (Husmann et al., 1996), exerts a negative role on myoblast proliferation via selective SK1 activation and S1P1 transactivation. Moreover, S1P inside-out signaling and S1P1 engagement appear to be necessary for conveying of PDGF-induced chemotactic action. It is important to note that despite the importance of S1P1 engagement in the biological action of IGF-1 and PDGF in myoblasts, S1P1 down-regulation or pharmacological inhibition did not affect the biological responses evoked by exogenously added S1P (Donati et al., 2005; Becciolini et al., 2006). This observation suggests that spatial regulation of S1P generation inside the cell is critical for determining the subset of engaged receptors, its final biological outcomes and that S1P1 is not freely accessible to its ligand from outside the cell. Indeed, structural evidence indicated that ligand binding to S1P1 occurs by initial delivery of S1P to the exterior portion of membrane followed by a lateral diffusion into the receptor binding pocket (O'Sullivan and Dev, 2013).

SK/S1P axis is also exploited by TGFβ to transmit its pro-fibrotic, anti-differentiating action in C2C12 myoblasts (Cencetti et al., 2010). Unfortunately, during muscle regeneration, the transdifferentiation of myoblasts and muscle resident fibroblasts into myofibroblasts give rise to muscle fibrosis that reduces muscle contractile properties and impairs full muscular recovery. The cytokine TGFβ plays a crucial role in the promotion of the fibrosis onset and in the inhibition of myogenesis (McLennan and Koishi, 2002); importantly, the inhibition of TGFβ signaling pathway has been shown to ameliorate the chronic degenerative fibrosis of dystrophic muscles (Cohn et al., 2007). Indeed, TGFβ induced a Smad-dependent up-regulation of SK1 expression and activation, which, in contrast to what expected on the basis of the previously demonstrated SK1 role in myogenesis (Donati et al., 2005; Meacci et al., 2008), redirected the final S1P biological outcome from being promyogenic to profibrotic since the cytokine induced also a profound remodeling of S1PR expression pattern, at least at mRNA levels. This was responsible for readdressing the pro-myogenic role mediated through S1P2 to a pro-fibrotic role mediated by S1P3, which following TGFβ administration, became the most expressed receptor. These data support the concept that interfering with S1P3 signaling might favor therapeutic intervention to reduce skeletal muscle fibrosis.

Very recently a new signaling pathway related to TGFβ-induced apoptosis has been identified in C2C12 myoblasts which relies on Rho kinase-2 stimulation, subsequent to SMAD-dependent TGFβ-induced S1P4 up-regulation and transactivation via SK2 (Cencetti et al., 2013). This finding supports the notion that S1P4 is up-regulated by TGFβ and is relevant for the apoptotic action of the cytokine in skeletal muscle.

BIOLOGICAL ROLE OF S1P IN SKELETAL MUSCLE

Skeletal muscle has the ability to adapt to different physiological and pathological conditions since it displays a high degree of plasticity. The size of skeletal muscle fibers results from a balance between protein synthesis and degradation, and varies as a consequence of physiological and pathological circumstances. The increase of individual muscle fibers, i.e., hypertrophy, occurs when protein synthesis exceeds protein degradation in response to hormonal stimulation or mechanical overload. A reduction in skeletal muscle mass and fiber size, i.e., atrophy, occurs in response to catabolic hormonal stimulation, denervation, aging, cancer, bed rest, and starvation (Schiaffino et al., 2013). S1P has been reported to be involved in the regulation of some physiological properties of skeletal muscle such as muscle contractility, fatigue, and adaptation.

Indeed, S1P has been shown to affect the excitation-contraction coupling in fibers isolated from murine extensor digitorum longus (EDL). The bioactive lipid modulated the voltage threshold and the inward calcium current through the dihydropyridine receptor in a S1P3-dependent manner although the experiments were carried out in the presence of the unspecific receptor antagonist suramin (Bencini et al., 2003).

 Zanin et al. (2008) has demonstrated a trophic role for S1P in a rat model of denervation atrophy. S1P, delivered to the muscle through a mini osmotic pump, significantly reduced the negative effects of denervation on muscle mass and cross sectional area (CSA) after 7 and 14 days of regeneration. Moreover, despite its established anti-proliferative and pro-apoptotic role (Bruni and Donati, 2008), also sphingosine exerted a trophic effect, likely due to its conversion to S1P catalyzed by SK, as suggested by the abolishment of the positive action of the sphingolipid in the presence of DMS. Moreover, by real time PCR, S1P1, and S1P3 were found to be selectively expressed, and subjected to down-regulation upon denervation.

The decline in the ability of skeletal muscle to generate force after a strenuous exercise is named muscle fatigue. The process is reversible and depends on multiple factors such as the intensity and the duration of the contraction and the type of fibers of the muscles. Exogenous S1P has been found able of reducing muscle fatigue of EDL muscles (Danieli-Betto et al., 2005). Interestingly, administration of sphingosine significantly diminished the tension decline. Since sphingosine effect was reduced in the presence of the unselective SK inhibitor DMS, it was deduced that the mechanism of action implicates S1P production through SK activation. Indeed the effect of sphingosine, but not that of S1P, was abolished in the absence of Ca2+, suggesting a Ca2+-dependent mechanism of activation of SK.

The role of S1P signaling in skeletal muscle regeneration has been firstly demonstrated in mouse and rat models after myotoxic injury induced by bupivacaine (Danieli-Betto et al., 2010). The administration of S1P after muscle damage induced a significant increase of CSA while the neutralization of circulating S1P by administration of an anti-S1P antibody abolished fiber growth. Western blotting analysis of S1PR expression in muscle lysates during rat soleus regeneration showed dynamic changes of S1PR at protein level suggesting their putative role during regeneration. The S1P-induced increase of regenerating fiber growth was inhibited by a selective S1P1 agonist and augmented by a selective S1P1/3 antagonist, supporting a negative role of S1P1 and a positive role of S1P3 in the early phases of regeneration. In contrast, a very recent study demonstrated that in S1P3 null mice acute muscle regeneration was enhanced and that genetic ablation of S1P3 in mdx mice produced a less severe dystrophic phenotype (Fortier et al., 2013). Further studies are therefore required to clarify the exact role of S1P3 in skeletal muscle regeneration.

 Herr et al. (2003) have demonstrated that mutation in the gene that encodes for the homolog of SPL generates Sply mutants in fruit fly that do not catalyze S1P degradation and accumulate S1P. In these mutants the thoracic flight muscles degenerate due to the absence of fibers in the dorsal longitudinal muscles. These findings highlight the importance of sphingolipid metabolism in muscle homeostasis, crucial for adult muscle development and integrity.

Presently, beside mammalian models to study muscular dystrophy including mouse, dog and cat, genetically tractable models have been established in Danio rerio and Drosophila melanogaster (Shcherbata et al., 2007). Very recently, a paper published by Pantoja et al. (2013), demonstrated that suppression of wunen, an homolog of lipid phosphate phosphatase 3, suppresses dystrophic muscle phenotype measured by evaluation of correct localization of the titin-homolog, projectin, in sarcomeres and functional movements. The authors demonstrated that wunen suppression acts through the elevation of S1P levels, since analogous findings were obtained altering S1P levels genetically via down-regulation of SPL or up-regulation of serine palmitoyl-CoA transferase, or pharmacologically by oral administration of SPL inhibitors. The same authors have very recently demonstrated that an increase of S1P levels via administration of an SPL inhibitor positively affected acute muscle regeneration of dystrophic mdx mice. The beneficial effects of S1P on increased muscle fiber size, force, diminished fibrosis, and fat accumulation were linked to the ability of S1P of increasing the number of myogenic cells (Ieronimakis et al., 2013).

The role of S1P2 in vivo in the early phases of regeneration has been demonstrated recently by Germinario et al. (2012) after injection of notexin in two mouse model of S1P2 deficiency: the S1P2 null mice and wild-type mice systemically administered with the S1P2 antagonist JTE-013. Indeed, the absence of S1P2 or its blockade delayed the regeneration of skeletal muscle measured as soleus CSA. Interestingly, the systemic administration of an anti-S1P antibody, which induced a reduction of soleus fiber growth in wild-type mice was ineffective in the absence of S1P2.

Microarray study revealed that during mouse skeletal muscle regeneration following notexin injury, while sphk1 gene is upregulated at early time points, sgpl1 gene is induced several days post injury (Loh et al., 2012). SPL is expressed at very low level in skeletal muscle at rest, while is up-regulated in response to ischemia (Kumar and Saba, 2009) and radiation (Bandhuvula et al., 2011). The specific requirement for SK1 to support muscle regeneration and satellite cell recruitment has been demonstrated in SK1 null mice. Interestingly the plasma of dystrophic mdx mice display reduced S1P levels, comparable to that of SK1 null mice, probably due to a significant up-regulation of sgpl1 rather than down-regulation of sphK1 or sphK2 genes. Tetrahydroxybutylimidazole, unspecific inhibitor of SPL, improved the number of regenerating fibers in dystrophic muscles and satellite cell activation. The combination of pharmacological inhibitors, S1PR antagonists and plasmid constructs in vitro showed that S1P recruits satellite cells through activation on S1PR2/Rho GTPase/STAT3 signaling axis (Loh et al., 2012).

BIOLOGICAL ROLE OF S1P IN INSULIN RESPONSIVENESS OF SKELETAL MUSCLE

Skeletal muscle plays a crucial role in the regulation of whole body metabolism. In response to insulin, in fed condition, skeletal muscle is responsible for glucose removal from the bloodstream thus contributing to the majority of glucose disposal for the building-up of glycogen. Since skeletal muscle utilizes the majority of body glucose, reduced insulin responsiveness in skeletal muscle leads to the development of metabolic syndrome (McGarry, 2002). SK1/S1P axis has recently been implicated in the regulation of glucose metabolism. In C2C12 myoblasts pharmacological inhibition of SK1 reduced insulin-stimulated glucose uptake while its overexpression mimicked in vivo insulin action. Moreover, overexpression of SK1 gene reduced blood glucose level in diabetic mice (Ma et al., 2007). In keeping with the role of S1P as insulin-mimetic cue, a study has reported that in C2C12 myoblasts S1P, through engagement of S1P2, produces a transient burst of reactive oxygen species which is sensed by protein tyrosine phosphatase-1B, the main negative regulator of insulin receptor phosphorylation, which undergoes inhibition. This blockade provokes a ligand-independent trans-phosphorylation of insulin receptor and a strong increase in glucose uptake (Rapizzi et al., 2009). This study appears to provide the possible mechanistic explanation of the insulin-mimetic action of SK1 overexpression, highlighting a feedback responsible for the sustained activation of insulin receptor. Since in this study possible implications of S1P-directed insulin signaling in diabetes were not established, future studies are required aimed at clarifying whether impaired S1P signaling contributes to the development of insulin resistance and whether improvement of S1P/S1P2 signaling would be beneficial for glucose disposal by skeletal muscle.

In addition to the role of elevated triacylglycerol levels in skeletal muscle for the development of insulin sensitivity (McGarry, 2002), a number of reports support the role of ceramide for diminished insulin responsiveness. Taking into account that SK plays a crucial role in the regulation of the relative levels of ceramide/sphingosine and S1P, it will be of crucial interest in the future to understand whether the biological effects observed as consequence of SK overexpression are due to specific S1P-induced signaling or rather to diminution of ceramide cellular levels.

In this line, transgenic mice overexpressing SK1 display improved insulin sensitivity compared to wild-type animal after a 6 week high fat diet, due to increased SK activity in skeletal muscle and decreased intracellular ceramide content (Bruce et al., 2012). The same authors have demonstrated that daily treatment with FTY720, that acts as functional antagonist of S1PR and has been reported to inhibit the activity of ceramide synthase in vitro (Berdyshev et al., 2009; Lahiri et al., 2009), for 6 weeks after an high fat diet improved mice glucose tolerance, insulin uptake and Akt phosphorylation through ceramide, diacylglycerol, and triacylglycerol reduction in muscle (Bruce et al., 2013). Interestingly, the expression levels of the enzymes involved in sphingolipid metabolism were not altered.

It has been demonstrated that treatment with palmitate in C2C12 myotubes increased S1P as consequence of increased expression and activity of SK1 (Hu et al., 2009). Very recently, in the context of free fatty acid oversupply it has been shown that SK1 is regulated at transcriptional level by the transcription factor PPARα in C2C12 cells (Ross et al., 2013). Moreover, specifically in skeletal muscle palmitate treatment induced the expression of IL-6 and its downstream signaling in a SK1- and S1P3-dependent manner. IL-6 expression, which is up-regulated in diet-induced obese mice, was attenuated in SK1 null mice. IL-6 produced by skeletal muscle is the prototype of an emerging class of cytokines named myokines which mediate the cross-talk between muscle and other tissues. The role of IL-6 and its signaling in skeletal muscle of obese mice remain unaddressed in this study. Since several studies have reported that muscular IL-6 has a role in metabolism rather than in inflammation, working as an energy sensor and as a lipolytic factor (Pedersen and Febbraio, 2012), the role of SK in the regulation of IL-6 expression and release by skeletal muscle should also be therefore further investigated in other experimental settings.

CONCLUSION

Overall, the here reported experimental findings highlight the fundamental role of S1P signaling axis in skeletal muscle biology. Future studies will confidently dissect in detail the molecular mechanisms that regulate S1P metabolism and S1PR expression in the various aspects of skeletal muscle biology and hopefully they will bring to characterize the therapeutic potential of S1P signaling pathway in skeletal muscle diseases.
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Diabetes mellitus is defined as a group of metabolic diseases that are associated with the presence of a hyperglycemic state due to impairments in insulin release and/or function. While the development of each form of diabetes (Type 1 or Type 2) drastically differs, resultant pathologies often overlap. In each diabetic condition, a failure to maintain healthy muscle is often observed, and is termed diabetic myopathy. This significant, but often overlooked, complication is believed to contribute to the progression of additional diabetic complications due to the vital importance of skeletal muscle for our physical and metabolic well-being. While studies have investigated the link between changes to skeletal muscle metabolic health following diabetes mellitus onset (particularly Type 2 diabetes mellitus), few have examined the negative impact of diabetes mellitus on the growth and reparative capacities of skeletal muscle that often coincides with disease development. Importantly, evidence is accumulating that the muscle progenitor cell population (particularly the muscle satellite cell population) is also negatively affected by the diabetic environment, and as such, likely contributes to the declining skeletal muscle health observed in diabetes mellitus. In this review, we summarize the current knowledge surrounding the influence of diabetes mellitus on skeletal muscle growth and repair, with a particular emphasis on the impact of diabetes mellitus on skeletal muscle progenitor cell populations.
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SKELETAL MUSCLE AND MUSCLE PROGENITOR CELLS

Skeletal muscle is capable of adapting to numerous stimuli, with these responses manifested through changes in muscle size, fiber-type distribution, and/or metabolism. A critical component in skeletal muscle maintenance and plasticity is the presence of muscle progenitor cells. A complex network of intrinsic and extrinsic factors mediate changes to these progenitor cells, with such factors influenced by, and influential to, skeletal muscle health. Diseases that negatively impact muscle health, such as diabetes mellitus, may do so by negatively affecting progenitor cell quantity and/or functionality. As such, these cells (or a sub-population therein) function as a primary therapeutic target to attenuate deficits in muscle health with disease progression. While the most well defined of these progenitor cells is the satellite cell (SC; Hawke and Garry, 2001; Zammit and Relaix, 2012), evidence of a number of non-satellite cell progenitor populations contributing to the maintenance of skeletal muscle in health and disease has emerged in recent years (Pannérec et al., 2012). Throughout this brief review we will use the terms “satellite cells” or “SCs” to define this heterogeneous progenitor cell population, acknowledging that as our understanding of these other unique cell populations becomes clearer, we may revisit roles once allocated specifically to the muscle satellite cells.

PATHOPHYSIOLOGY OF TYPE 1 AND 2 DIABETES MELLITUS

The onset of Type 1 diabetes mellitus (T1DM) often occurs in childhood or adolescence and is characterized by the immune-mediated destruction of pancreatic β-cells leading to insulin deficiency. While T1DM accounts for only ~10% of diabetic cases, its prevalence over the past 30 years has increased worldwide (Onkamo et al., 1999; Gale, 2002). Adolescent muscles subjected to atrophic stimuli are more likely to endure irreversible changes (Darr and Schultz, 1989; Mozdziak et al., 2000), thus the presentation of T1DM during this critical growth period can detrimentally impact long-term muscle health. In contrast, Type 2 Diabetes Mellitus (T2DM) accounts for ~90% of diabetes mellitus cases (Masso-Gonzalez et al., 2009), and is expected to affect almost 8% of the worldwide population by 2030 (Shaw et al., 2010). Adverse health behaviors, particularly sedentary lifestyles and increased adiposity, have lead to a high incidence of insulin resistance and impaired fasting glucose (American Diabetes Association, 2006). Without therapeutic intervention, the insulin-resistant state often precipitates to pancreatic β-cell death and progression to insulin-dependent T2DM.

While the etiology of T1DM and T2DM are distinct, the end result is number of common co-morbidities including nephropathy, neuropathy, and cardiovascular disease. Diabetic myopathy, characterized by reduced physical capacity, strength, and muscle mass (Andersen et al., 1996, 1997, 2004, 2005), is a relatively understudied complication of diabetes mellitus, but is believed to directly influence the rate of co-morbidity development. This is based on the fact that skeletal muscle functions as the largest site for glucose uptake (DeFronzo et al., 1981), and therefore changes to skeletal muscle health can impact whole-body glucose homeostasis. A vital component to the maintenance of skeletal muscle is its SC population. As such, changes to SC functionality with diabetes mellitus would impact skeletal muscle health. Here we review the current state of knowledge on the relationship between skeletal muscle health and diabetes mellitus, with a particular focus on the fate and function of skeletal muscle progenitor cell populations.

SKELETAL MUSCLE IN DIABETES MELLITUS

T1DM

Muscle growth and development is significantly impaired in T1DM, resulting in reduced muscle mass and myofiber size, poor metabolic control, and a switch to a glycolytic phenotype (Andersen et al., 1997, 2004; Crowther et al., 2003; Fritzsche et al., 2008; Krause et al., 2009, 2013). While initial studies in human T1DM reported no difference in capillary density (Leinonen et al., 1982), investigations in T1DM mice illustrate that the disease is associated with a decline in skeletal muscle capillarization and angiogenesis (Kivelä et al., 2006; Krause et al., 2009). These alterations to muscle structure and metabolism often are associated with reductions in muscle function, as previously demonstrated (Huttunen et al., 1984; Poortmans et al., 1986; Almeida et al., 2008; Gordon et al., 2010). In addition to growth and function, the capacity for repair from damage is also adversely affected by T1DM, as indicated by studies of muscle regeneration using chemical and genetic models of T1DM (Gulati and Swamy, 1991; Talesara and Vashishta, 2000; Vignaud et al., 2007; Krause et al., 2011, 2013). Collectively, these studies highlight the negative impact T1DM is having on skeletal muscle and its potential for growth, maintenance, and repair.

SATELLITE CELLS AND T1DM

Satellite cells from streptozotocin (STZ)-treated diabetic mice fail to activate properly, resulting in failed regeneration following chemically induced muscle injury (Jeong et al., 2013). This extreme catabolic state has previously been shown to promote the fusion of SCs to adjacent muscle fibers in T1DM mice, as this is thought to promote the release of factors that function to sustain muscle integrity in this less than favorable metabolic condition (Brannon et al., 1989). Furthermore, Aragno et al. (2004) reported reduced myogenic regulatory factor expression and impaired differentiation in T1DM-derived myoblasts. Attenuated muscle repair has also been observed in T1DM mice (Krause et al., 2011, 2013). The impaired regeneration with diabetes was attributed to an elevation in plasma PAI-1 resulting from attenuated extracellular matrix (ECM) turnover. The delay in ECM turnover inhibited macrophage and SC migration into the damaged/necrotic regions of injured muscle. Interestingly, despite systemic increases in PAI-1, the impaired regeneration occurred in a muscle-specific pattern (Krause et al., 2013), indicating that muscles are intrinsically resistant to the T1DM environment. It is becoming increasingly clear that alterations to muscle protein turnover cannot, by itself, account for diabetic myopathy. Although studies investigating SCs in T1DM remains limited, evidence indicates that functionality is affected. Clinically, it is important to appreciate that T1DM-onset almost always occurs during childhood/adolescence, a period of extensive muscle growth. Thus, understanding alterations to the SC population in T1DM is essential for the development of therapeutic strategies to maximize muscle health during this vulnerable time.

T2DM

Similar to observations in T1DM, skeletal muscle of T2DM subjects exhibit increased glycolytic fiber number (Mårin et al., 1994; Nyholm et al., 1997), muscle atrophy (Huang et al., 2010), and decreases in capillary density (Prior et al., 2009). Perturbations to muscle metabolism in T2DM are common, resulting in decreased intermyofibrillar mitochondrial content and abnormal lipid deposition (Nielsen et al., 2010; Chomentowski et al., 2011). As a consequence of these unfavorable changes, the muscle becomes “metabolically inflexible” as it cannot easily switch between fat and carbohydrate oxidation in response to insulin (Kelley and Mandarino, 2000). Functional impairments are also evident, as demonstrated by a decline in muscle strength (Andersen et al., 2004; Park et al., 2006), a finding strongly correlated with intramuscular fat storage (Hilton et al., 2008). Studies of muscle regeneration in insulin-resistance/T2DM animal models (Nguyen et al., 2011) further identify attenuated skeletal muscle plasticity, with deleterious changes to SC function theorized as a central mechanism underlying the observed outcomes.

As discussed, diabetes mellitus impinges on skeletal muscle health. Studies have noted that the diabetic environment enhances protein degradation (Price et al., 1996; Lecker et al., 1999; Mitch et al., 1999; Mastrocola et al., 2008). While these studies are well conducted, it was not within their scope to investigate all components required for skeletal muscle growth and maintenance. Indeed, SCs are indispensable for such events (Zammit and Relaix, 2012), and thus a more complete understanding of the impact of the diabetic environment on SC function is needed.

SATELLITE CELLS AND T2DM

While studies directly assessing SC function with T2DM remain limited, a number of recent investigations have evaluated SC behavior with hyperglycemia and/or lipotoxicity. For instance, 3 weeks of a high fat feeding (HFF) affected SC content and functionality, with the latter classified as the quantity of regenerating fibers present following injury (Fitzpatrick et al., 2011). Hu et al. (2010) demonstrated reduced muscle regeneration after 8-months HFF that was attributed to a delay in myofiber maturation, rather than SC activation or proliferation. In vitro studies have also shown that SCs incubated in high glucose medium have an increased propensity to differentiate into adipocytes (Aguiari et al., 2008), suggesting that SC myogenic capacity may be impacted by uncontrolled diabetes. This is further substantiated through the use of genetic models of obesity and diabetes. The Obese Zucker Rat (OZR), a model for the metabolic syndrome, displays reduced SC proliferative capacity though quiescent SC percentages remain unchanged (Peterson et al., 2008); findings consistent with observed alterations to Akt signaling and myogenic regulatory factor expression (Peterson et al., 2008). Similar results were obtained in transgenic (ob/ob, db/db) models of T2DM. Specifically, impaired SC proliferation and activation were observed and were reflected in measurable impairments of muscle regeneration (Nguyen et al., 2011). A critical, but as of yet unanswered, question is the role of altered leptin signaling in mediating changes to SCs in these animal models. Interestingly, these authors found no difference in SC function or regenerative capacity in HFF mice (Nguyen et al., 2011).

In addition to altered myogenic potential, SCs derived from T2DM patients were found to retain a “diabetic phenotype” upon isolation and culturing. These T2DM-derived SCs displayed reduced lipid oxidation (Gaster et al., 2004), increased secretion of inflammatory markers leading to altered cell signaling (Green et al., 2011), impaired glucose transport (Gaster et al., 2002), and insulin-resistance (Scarda et al., 2010). These modifications were based on T2DM-induced epigenetic changes to muscle cell gene programming, modifying protein expression of factors essential to myogenesis, thereby permanently affecting muscle SCs (Broholm et al., 2012). Taken together, these findings suggest that the degree of T2DM disease severity (i.e., diet vs. genetic model) will differentially influence SC function. A more severe T2DM phenotype, as is found in genetic models of T2DM, results in impairments to the early stages of myogenesis (proliferation, activation), while the HFF models will alter the differentiation potential of the SCs. Finally, long-term exposure to T2DM may promote detrimental epigenetic changes to SCs that will inevitably affect their functionality, and ultimately, overall skeletal muscle health.

MECHANISMS FOR ALTERED SATELLITE CELL FUNCTION IN DIABETES MELLITUS

The literature is clear that the uncontrolled diabetic environment is unfavorable for skeletal muscle growth and regeneration (Vignaud et al., 2007; Peterson et al., 2008; Krause et al., 2011; Nguyen et al., 2011). However, the molecular processes governing changes to the SCs are far from elucidated.

Following a period of uncontrolled diabetes mellitus in humans (i.e., pre-diagnosis), insulin administration is the therapeutic standard, and is well studied in terms of regulating muscle protein turnover (Pain et al., 1983; Price et al., 1996; Charlton and Nair, 1998; Lee et al., 2004). What remains less known is the effect of insulin therapy on SCs. Insulin has been found to stimulate both proliferation and differentiation of SCs, with such evidence derived from a handful of in vitro studies (Ewton and Florini, 1981; Vandenburgh et al., 1991; Cassar-Malek et al., 1999). The paucity of data available from human diabetic muscle exposed to insulin treatment merits further consideration. In the absence of insulin, or poorly managed diabetic states, there may be a myriad of factors and processes stemming from the diabetic environment that have the potential to influence SC activity. After a review of many of these mechanisms, a select few are evident in both T1DM and T2DM. The precise modifications to skeletal muscle following diabetes onset is depicted along with the predicted mechanisms of action (Figure 1). These include, but are not limited to: oxidative stress, chronic low-grade inflammation, and impaired ECM remodeling. Though the impact of metabolic diseases on the changing metabolic needs of the muscle satellite cells as they move from quiescence through to differentiation is certainly of note, it is beyond the scope of this mini-review. We refer the readers to some excellent recent reviews (Fulco et al., 2008; Ryall, 2013) on this topic.
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FIGURE 1. Impact of Diabetes Mellitus on Skeletal Muscle Health. While the etiology and progression for T1DM and T2DM development are distinct, both diseases negatively influence skeletal muscle (referred to as “Diabetic Muscle”) and their resident progenitor cell populations, including satellite cells. Satellite cells are critical to muscle health, and are affected by diabetes mellitus at varying stages of adult myogenesis. As outlined in this review, and schematized here, chronic low grade inflammation (also known as CLIP, or chronic low-grade inflammatory profile), oxidative stress, and impaired extracellular matrix remodeling are proposed to be common denominators for mechanisms underlying impairments to muscle health and decreased satellite cell functionality in diabetes mellitus.



OXIDATIVE STRESS

Oxidative stress is evident in both T1DM (Aragno et al., 2004) and T2DM (Henriksen et al., 2010), and has been directly associated with elevated glucose concentrations (Bonnefont-Rousselot, 2002). Dysregulation of nitric oxide (NO) production also occurs, as hyperglycemia promotes the formation of reactive nitrogen species (RNS) to further exacerbate levels of oxidative stress (Zou et al., 2002). A shift in pro-oxidant/antioxidant balance is regarded in the pathogenesis of diabetes and its complications (Evans et al., 2002). Although an emphasis of research relating oxidative stress to skeletal muscle health has been on its modulation of protein turnover (Li et al., 1998; Zhou et al., 2001; Aragno et al., 2004), it is speculated that the concomitant increase in ROS and decrease in NO hinders satellite cell function. In vitro work has found that acute treatment of human muscle SCs with the ROS-inducing agent hydrogen peroxide (H2O2) led to reduced cell viability, shortened lifespan, and decreased proliferative capacity (Renault et al., 2002). In support of oxidative stress impairing myogenesis, Aragno et al. (2004) found that in response to muscle damage, the expression of critical myogenic factors (MyoD, myogenin, and Jun D) was reduced in STZ-diabetic rodents compared to non-diabetic rodents. Muscle creatine kinase and myosin expression were also impaired, suggesting that defects in the early phases of regeneration (i.e., satellite cell functionality) led to a cascade of events to further hinder muscle repair. It is interesting to note that oxidative stress has been implicated in the adipogenic conversion of muscle SCs (Vettor et al., 2009). Now whether this occurs within diabetic muscle has yet to be defined, however, given that the demonstrated impairments in myogenesis with diabetes appear to be linked to oxidative stress, it is clear that this area requires further investigation.

CHRONIC LOW-GRADE INFLAMMATORY PROFILE (CLIP)

With diabetes progression, a multitude of pro-inflammatory factors are elevated, constituting a state of chronic low-grade inflammation, or a chronic low-grade inflammatory profile (CLIP). The presence of this condition is evident in all forms of diabetes mellitus (Llauradó et al., 2012; Osborn and Olefsky, 2012) and is believed to occur as a result of the enhanced formation of advanced glycation end-products (AGEs; Tan et al., 2004; Ramasamy et al., 2005; Yan et al., 2008). The factors associated with CLIP can collectively and/or independently influence SC activity. While examination of each of these factors on SC function is beyond the breadth of this review, it is important to highlight a select few.

Chronic elevations of circulating Interleukin-6 (IL-6) are observed in T1DM and T2DM (Pradhan et al., 2001; Reis et al., 2012). While transient increases in IL-6 are associated with SC proliferation (Toth et al., 2011), chronically elevated IL-6 is correlated with significant decrements in muscle health (e.g., cancer cachexia; Roubenoff, 1997; McKay et al., 2013). Given the chronic elevations in IL-6 with diabetes, it is reasonable to surmise that impairments to SC functionality are occurring. Consistent with this hypothesis, obese diabetic individuals displayed significant impairments in IL-6 signaling within their skeletal muscle that persisted within the satellite cells even upon removal from the diabetic environment (Nielsen et al., 2012).

Akin to IL-6, tumor necrosis factor-α (TNF-α) functions as a key mediator of the inflammatory process. Not only is TNF-α correlated with diabetes progression (Csizuadia et al., 2012; Swaroop et al., 2012), it has also been found to alter insulin-mediated glucose uptake in muscle cells in vitro (Yoon et al., 2011), and has been implicated in the development of insulin resistance through studies knocking out its respective receptors (Uysal et al., 1997; Romanatto et al., 2009). With respect to SCs, TNF-α is thought to exert its effects through stimulation of factors that promote entry into the cell cycle (Li et al., 2003). In support of this, TNF-α treated myoblasts displayed an increased proliferative capacity while differentiation was hindered (Alter et al., 2008).

The presence of CLIP, as found in diabetes, will undoubtedly alter skeletal muscle homeostasis. This emerging and exciting new area of interest, though still in its infancy, presents an intriguing avenue for further therapeutic investigations.

IMPAIRED EXTRACELLULAR MATRIX (ECM) REMODELING

Studies have found that central constituents of the plasminogen system are required for normal growth and repair within a variety of tissues types, including skeletal muscle (Romer et al., 1996; Lluís et al., 2001; Shimizu et al., 2001). Within muscle, inhibition of PAI-1 (a critical inhibitor of the plasminogen system) was found to increase MyoD expression and accelerate muscle repair (Koh et al., 2005). Of particular note, elevated ECM levels have been demonstrated in a variety of diabetic tissues (Berria et al., 2006; Krause et al., 2011). Excessive ECM levels are likely the result of altered protein expression (Lecker et al., 2004), especially in regards to matrix metalloproteinases (Hopps and Caimi, 2012). The improper turnover of ECM proteins may also hinder growth factor signaling, further impeding myogenesis (Gopinath and Rando, 2008). While the aforementioned studies identify that aspects of muscle health are clearly subject to modification with diabetes mellitus, one must also account for diabetic-induced changes to the environment in which the muscle SCs reside. The adverse remodeling of the ECM in diabetic muscle, as evidenced by increased collagen presence, will inevitably affect SC functionality and its capacity to migrate within regenerating muscle (Krause et al., 2013). These defects are also prevalent in senescent skeletal muscle (Franceschi, 2007; Kurtz and Oh, 2012; Vasilaki and Jackson, 2013). Thus, potential therapies to attenuate negative alterations to SC behavior with diabetes onset may also function to mitigate sarcopenia.

SIGNIFICANCE AND CONCLUSIONS

Diabetes mellitus is a global health concern. While diabetes mellitus begins as a result of an impairment in insulin signaling (deficiency/resistance), numerous other factors quickly become altered making the pathogenesis of diabetic complications multi-faceted. Here we provide an overview of the importance of the muscle SC, the impact of T1DM and T2DM on this cell population, and potential “common” mechanisms for altered SC function. Based on the limited number of studies to date, it is evident that various stages of the myogenic process are affected by diabetes mellitus and impairments to SC function are occurring. Given the vital role of these cells in the lifelong maintenance of skeletal muscle, and the importance of a physically and metabolically healthy skeletal muscle mass in attenuating the morbidity and mortality associated with diabetes mellitus, a comprehensive understanding of SC in the diabetic environment is of fundamental significance. Identifying the proponents that attenuate normal SC function in diabetes mellitus will lead to the development of therapies that restore SC activity in order to sustain muscle health, and subsequently attenuate other diabetic complications.
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Obesity and metabolic disorders such as type 2 diabetes mellitus are accompanied by increased lipid deposition in adipose and non-adipose tissues including liver, pancreas, heart and skeletal muscle. Recent publications report impaired regenerative capacity of skeletal muscle following injury in obese mice. Although muscle regeneration has not been thoroughly studied in obese and type 2 diabetic humans and mechanisms leading to decreased muscle regeneration in obesity remain elusive, the initial findings point to the possibility that muscle satellite cell function is compromised under conditions of lipid overload. Elevated toxic lipid metabolites and increased pro-inflammatory cytokines as well as insulin and leptin resistance that occur in obese animals may contribute to decreased regenerative capacity of skeletal muscle. In addition, obesity-associated alterations in the metabolic state of skeletal muscle fibers and satellite cells may directly impair the potential for satellite cell-mediated repair. Here we discuss recent studies that expand our understanding of how obesity negatively impacts skeletal muscle maintenance and regeneration.
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Obesity and associated disorders are quickly reaching a global epidemic scale. Over 500 million people worldwide are overweight or obese (World Health Organization, 2013). Obesity is highly associated with development of metabolic syndrome, type 2 diabetes, non-alcoholic fatty liver disease (NAFLD) and cardiovascular disorders (Kahn et al., 2006; Lavie et al., 2009; Samuel and Shulman, 2012). In obese individuals, lipids excessively accumulate in adipose tissues and ectopically accumulate in non-adipose tissues including skeletal muscle (Unger et al., 2010). Lipids in skeletal muscle have been extensively studied in the context of insulin sensitivity. However, lipid overload in muscle appears to affect not only insulin signaling, but also muscle maintenance and regeneration. The underlying mechanisms are not fully understood, but recent experimental data suggest that multiple factors such as accumulation of toxic lipid metabolites and low-grade inflammation result in impaired muscle regeneration under conditions of obesity. The impact of obesity on skeletal muscle maintenance and physiology has been addressed in rodent models of obesity, including leptin-deficient Lepob/ob mice (commonly termed “ob/ob”), leptin receptor-deficient Leprdb/db mice (termed “db/db”) and obese Zucker rats (which also have a leptin receptor mutation) (Kurtz et al., 1989; Tschop and Heiman, 2001), as well as in mice and rats fed a high-fat diet. All of these animals have increased whole body lipid content and develop hyperglycemia and insulin resistance, a phenotype similar to type 2 diabetes (reviewed in Unger, 2003).

Here we will discuss the sources of lipids that directly affect skeletal muscle, review studies investigating muscle regeneration in obesity models, and discuss possible mechanisms underlying impaired regenerative capacity of skeletal muscle in obese animals (summarized in Figure 1).
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FIGURE 1. Major mechanisms linking obesity with impaired muscle regeneration. Obesity is associated with insulin and leptin resistance, elevated circulating and intramuscular fatty acids, diacylglycerols, ceramides and pro-inflammatory cytokines. Following muscle injury, satellite cells (depicted adjacent to muscle on left) are activated, proliferate, differentiate and form myofibers that grow and replace damaged tissue. Impairment of these processes underlies inefficient muscle regeneration in obese rodents. Defective leptin signaling can contribute to decreased satellite cell proliferation and impaired muscle hypertrophy, but the molecular mechanisms are not known. Fatty acids, diacylglycerols (DAG) and ceramides induce apoptosis and decrease myoblast proliferation and differentiation, possibly via activation of myostatin and inhibition of MyoD and myogenin expression and/or activity. Ceramides and pro-inflammatory cytokines inhibit muscle growth in part by inhibiting the IGF-1/Akt /mTOR pathway.



OBESITY AND SKELETAL MUSCLE LIPID ACCUMULATION

Obesity is characterized by elevated adipose storage in subcutaneous and visceral adipose depots and non-adipose organs, a phenomenon called ectopic lipid accumulation (Van Herpen and Schrauwen-Hinderling, 2008). In addition, obese individuals have increased circulating fatty acids (Boden and Shulman, 2002; Mittendorfer et al., 2009) and high ectopic lipid deposition in skeletal muscle partially resulting from increased fatty acid uptake from the circulation (Goodpaster et al., 2000b; Sinha et al., 2002; Bonen et al., 2004; reviewed in Goodpaster and Wolf, 2004). Lipids within skeletal muscle are comprised of two pools: extramyocellular lipids (EMCL) localized in adipose cells between myofibers and intramyocellular lipids (IMCL) located within muscle cells (Sinha et al., 2002; Boesch et al., 2006). A portion of EMCL comprises adipose tissue closely associated with the muscle, referred to as intermuscular adipose tissue (IMAT) (Goodpaster et al., 2000a). Although IMAT accumulation in obese patients is positively correlated with insulin resistance and reduced muscle performance (Goodpaster et al., 2000a; Hilton et al., 2008), this adipose depot does not appear to affect muscle mass (Lee et al., 2012a), and its effects on muscle regeneration have not been addressed. IMCL are comprised of neutral lipids triacylglycerols (TAG) and cholesterol esters, mainly localized to lipid droplets (reviewed in Fujimoto et al., 2008; Thiele and Spandl, 2008) as well as lipid metabolites, such as long-chain acyl CoAs, diacylglycerols and ceramides. Elevated TAG content and increased numbers of lipid droplets have been observed in muscle biopsies from obese people (Simoneau et al., 1995; Malenfant et al., 2001). Genetically obese mice (ob/ob and db/db) and obese Zucker rats also have increased IMCL (Kuhlmann et al., 2003; Unger, 2003; Fissoune et al., 2009; Ye et al., 2011). Long-chain acyl CoAs, diacylglycerols and ceramides accumulate in skeletal muscles of obese humans, ob/ob and db/db mice and obese Zucker rats (Turinsky et al., 1990; Hulver et al., 2003; Adams et al., 2004; Holland et al., 2007; Magnusson et al., 2008; Lee et al., 2013; Turner et al., 2013) and negatively affect cell signaling and metabolism; the defects are collectively referred to as lipotoxicity (Lelliott and Vidal-Puig, 2004; Kusminski et al., 2009). In skeletal muscle, lipotoxic species interfere with insulin signaling and are thought to be partly responsible for insulin resistance in obesity (reviewed in Timmers et al., 2008; Bosma et al., 2012; Coen and Goodpaster, 2012). However, it remains largely unknown what other physiologic processes are impaired by these lipid metabolites in skeletal muscle. In the following sections we will focus on recent findings on how obesity, and in some cases lipids, impair muscle progenitor cell function and muscle regeneration and regrowth.

EFFECTS OF OBESITY ON MUSCLE PROGENITOR CELLS

Insulin resistance and mitochondrial and metabolic dysfunction are perhaps the most prominent muscle abnormalities that negatively impact whole body metabolism and physical performance in states of obesity and type 2 diabetes. Skeletal muscle maintenance depends on ongoing repair, regeneration and growth, all of which decline during aging (reviewed in Jang et al., 2011). Obesity rates increase with aging, which is also accompanied by reduced regenerative capacity and muscle strength. Thus, as average life span increases, it is of growing clinical importance to understand whether obesity impacts muscle maintenance and regeneration and to identify mechanisms that may be targeted for therapeutic benefit.

Skeletal muscle regeneration after injury requires the activity of muscle stem cells and satellite cells, which remain associated with skeletal myofibers after development (reviewed in Wang and Rudnicki, 2012). Muscle regeneration is commonly experimentally induced by intramuscular injection of a myotoxic agent, such as cardiotoxin, notexin or barium chloride. Freeze-induced injury is an alternative model of muscle injury entailing application of steel cooled to the temperature of dry ice to the muscle (Warren et al., 2007). In normal animals, these injuries cause local myofiber necrosis and inflammation, followed by satellite cell activation, proliferation, differentiation, fusion and ultimately regrowth of myofibers to approximately the same size as the original within about three weeks (Figure 1 and Charge and Rudnicki, 2004). Satellite cells are required for regenerative myogenesis (Lepper et al., 2011; Gunther et al., 2013). Currently there is a controversy regarding requirement of satellite cells for skeletal muscle hypertrophy. Load-induced hypertrophy in humans and rodents is accompanied by satellite cell activation, proliferation and fusion with existing myofibers (Rosenblatt et al., 1994; Kadi et al., 2004; Petrella et al., 2008; Bruusgaard et al., 2010). However, genetic ablation studies in mice demonstrated that satellite cells do not appear to be required for hypertrophy induced by mechanical overload (McCarthy et al., 2011; Jackson et al., 2012; Lee et al., 2012b). Although efficient hypertrophy in rodents does not strictly require satellite cell fusion to myofibers, nuclear accretion due to satellite cell fusion is thought to promote hypertrophy by supporting the growing cytoplasm. In addition, muscle regenerative capacity declines with aging, and this is thought to be due in part to reduced satellite cell function (reviewed in Jang et al., 2011). Thus, although it is still not settled to what extent this specific progenitor population is required for maintenance of adult muscle, it is clear that identification of therapeutic targets to stimulate and maintain activity of these cells has potential to improve metabolism and strength in aging and obese humans. Recent data indicate that skeletal muscle regeneration is significantly impaired in models of diabetes and obesity, possibly due to impaired muscle progenitor cell function.

LIPOTOXICITY IN MYOBLASTS

Several groups have modeled lipid overload by incubating cultured muscle cells with fatty acids or lipid metabolites. During differentiation of L6 myoblasts, exogenous ceramides markedly reduce expression of the myogenic transcription factor myogenin, likely via inhibition of phospholipase D, while inhibitors of ceramide synthesis potentiate myogenin expression and accelerate myotube formation (Mebarek et al., 2007). In addition, several studies showed that increasing ceramide pools either by palmitate loading or silencing of stearoyl-CoA desaturase 1 (SCD1), which normally desaturates fatty acids and reduces the pool of saturated fatty acids that are converted to ceramides, results in increased apoptosis in differentiated L6 and C2C12 muscle cells (Turpin et al., 2006; Rachek et al., 2007; Peterson et al., 2008b; Henique et al., 2010; Yuzefovych et al., 2010). These findings suggest that the elevated fatty acids in obesity could directly harm the muscle fibers and satellite cells.

To test the effect of intracellular free fatty acid accumulation on myoblast viability and myogenesis, Tamilarasan, et al. used C2C12 cells stably transfected with human lipoprotein lipase (LPL), which converts TAGs to free fatty acids and glycerol (Tamilarasan et al., 2012). In spite of an approximately tenfold increase in intracellular free fatty acids and TAGs, cell viability and proliferation were similar to control cells. However, LPL-expressing cells showed defective differentiation accompanied by markedly decreased expression of MyoD, myogenin, and myosin heavy chain as well as a reduced number of myotubes (Tamilarasan et al., 2012). In mice, acute triglyceride infusion resulted in increased plasma free fatty acid and diacylglycerol levels and increased caspase-3 activity in gastrocnemius muscle (Turpin et al., 2009). However, in the same study, ob/ob mice and mice fed high-fat diet for 12 weeks did not show increased apoptosis, autophagy or proteolysis in muscle despite elevated plasma free fatty acids, muscle diacylglycerols and ceramides (Turpin et al., 2009). In contrast with this result, another group observed increased caspase-3 activation in gastrocnemius muscle in mice after 16 weeks of high-fat diet feeding (Bonnard et al., 2008), probably secondary to elevated reactive oxygen species (ROS), oxidative stress and mitochondrial dysfunction. Because cell viability and apoptosis were not directly assessed in this study, it is difficult to conclude if caspase-3 activation was accompanied by increased apoptosis (Bonnard et al., 2008). It is possible that pro-apoptotic effects of caspase-3 in muscle from obese animals are counteracted by increased expression of pro-survival Bcl2 and transcriptional downregulation of other pro-apoptotic genes, such as caspase8, caspase14, Fadd, and multiple genes involved in TNF-α signaling (Turpin et al., 2009). Therefore, although fatty acids and ceramides induce apoptosis in muscle cells in vitro, it appears that elevated lipid metabolites do not impair muscle cell viability in vivo. In vitro studies have raised the interesting possibility that fatty acids and possibly other lipid metabolites interfere with the myogenic differentiation program, suggesting that perhaps differentiation during muscle regeneration would be impaired in obese animals.

MUSCLE REGENERATION IN OBESITY MODELS

Several recent studies have employed myotoxins and freeze injury to evaluate muscle regeneration in obese or diabetic mice. In mice fed high-fat diet for 8 months, Hu, et al. observed reduced tibialis anterior (TA) muscle mass after cardiotoxin injury, associated with smaller myofibers, larger interstitial spaces and increased collagen deposition compared with lean mice (Hu et al., 2010). Similarly, a short period of high-fat diet (3 weeks) in young mice (aged 3–6 weeks) resulted in reduced numbers of satellite cells and impaired regeneration of TA muscle after cold-induced injury (Woo et al., 2011). A similar effect on satellite cell number and regeneration was observed in young mice with prenatal malnutrition, which also results in elevated adiposity (Woo et al., 2011). Although proliferation rates were not directly assessed in this study, the data collectively suggest that high adiposity depresses proliferative capacity of satellite cells either due to intrinsic metabolic properties of the muscle or satellite cells or alterations of circulating metabolites after high-fat feeding. However, in other studies, intermediate durations (12 weeks) of high fat feeding did not markedly impair the size of regenerating fibers of extensor digitorum longus (EDL) muscle after cardiotoxin injury (Nguyen et al., 2011). Collagen deposition was not evaluated, but there do appear to be larger interstitial spaces in histological sections of regenerating muscle from the 12 week high-fat diet-fed animals (Nguyen et al., 2011) consistent with the findings of Hu et al. (2010). It is notable when comparing these studies that Hu, et al. and Woo, et al. evaluated regeneration of TA muscle while Nguyen, et al. analyzed EDL muscle. While both muscle groups are comprised of predominantly fast-twitch IIB/X fiber types, TA contains a larger proportion of oxidative type IIA fibers (Bloemberg and Quadrilatero, 2012). The choice of muscle group is an important consideration, as slow twitch muscles contain higher numbers of satellite cells per fiber (Gibson and Schultz, 1983). Thus, effects of high-fat diet feeding on different functional aspects of muscle regeneration may depend on the muscle studied and the type of analysis performed. Ultimate conclusions will depend on additional analyses of multiple parameters of muscle regeneration in high-fat diet fed animals, including careful analysis of proliferation, muscle progenitor number, as well as resolution of inflammation, fibrosis and fiber caliber during regrowth.

Effects of lipid overload on skeletal muscle regeneration have specifically been assessed in transgenic mice overexpressing LPL in skeletal muscle (Levak-Frank et al., 1995; Tamilarasan et al., 2012). Overexpression of LPL in muscle results in an approximately eightfold increase in LPL activity, increased free fatty acid uptake and three- to fourfold increases in free fatty acid and TAG concentrations in gastrocnemius muscle. By two months of age, transgenic mice develop severe myopathy, which is detected histologically as regenerating myofibers with centrally localized nuclei, in addition to perturbed sarcomere structure, excessive glycogen storage, increased protein degradation and apoptotic nuclei (Levak-Frank et al., 1995; Tamilarasan et al., 2012). Ten days after cardiotoxin injury, myofiber cross-sectional area in LPL-transgenic mice is reduced compared to wild-type mice, indicating that intracellular lipid accumulation impairs muscle regeneration (Tamilarasan et al., 2012), either directly or indirectly. The defect in regeneration might result from reduced differentiation of progenitor cells, as LPL overexpression blocks myogenic differentiation of C2C12 cells (Tamilarasan et al., 2012) as described above. This, however, has not yet been tested. The pronounced muscle degenerative phenotype in LPL-expressing mice is most likely explained by lipotoxicity caused by the several-fold increase in intracellular free fatty acid and TAG concentrations. In comparison, high-fat diet feeding usually results in a 30–50% increase in intramuscular TAG in rodents (Marotta et al., 2004; Bruce et al., 2009; Ussher et al., 2010). The ultimate extent of lipotoxicity in skeletal muscle in vivo will therefore likely depend on the extent of lipid infiltration.

LEPTIN SIGNALING

In genetically obese ob/ob and db/db mice, which have more severe insulin resistance than high-fat diet-fed mice, EDL myofiber regeneration after cardiotoxin injury is blunted (Nguyen et al., 2011). This finding could suggest that leptin signaling is important for skeletal muscle regeneration. In support of this model, injury-induced satellite cell proliferation is specifically impaired in leptin signaling-deficient mouse models, but not in the two high-fat diet models (Hu et al., 2010; Nguyen et al., 2011). Notably, ob/ob and db/db mice show defects of early regeneration stages: decreased proliferation and reduced MyoD expression are most evident at day 5 post-injury (Nguyen et al., 2011). In agreement with this result, basal rates of satellite cell proliferation are reduced in both mice and obese rats with leptin signaling deficiencies (Purchas et al., 1985; Peterson et al., 2008a), suggesting reduced proliferative capacity. Recombinant leptin stimulates proliferation and MyoD and myogenin expression in myoblasts from wild-type mice, but myoblasts from mice lacking all forms of the leptin receptor (referred to as POUND mice) show decreased expression of MyoD and myogenin transcripts and decreased myotube formation during differentiation ex vivo (Arounleut et al., 2013). Moreover, administration of recombinant leptin to ob/ob mice restores expression of the proliferation markers proliferating cell nuclear antigen (PCNA) and cyclin D1, which may account for the muscle growth-promoting effect of recombinant leptin in leptin-deficient animals (Sainz et al., 2009). In C2C12 myoblasts, leptin also stimulates proliferation but does not appear to promote MyoD or myogenin expression or differentiation (Pijet et al., 2013). Although leptin clearly has stimulatory effects on mouse myoblasts and muscle, it is not clear whether leptin promotes myoblast proliferation in all species. Leptin receptors are poorly abundant in porcine muscle, and recombinant leptin has no effect on proliferation of primary porcine myoblasts cultured in serum free medium or on protein accretion as these cells differentiated (Will et al., 2012). In line with this finding, lean and obese leptin receptor-deficient Zucker rats exhibit comparable BrdU incorporation, expression of myogenic regulatory factors, activation of pro-hypertrophic signaling pathways and gain of muscle mass in response to overload, demonstrating that leptin signaling per se is not required for satellite cell activation and muscle hypertrophy, at least in rats (Peterson et al., 2008a).

In addition to the activity of satellite cells, macrophages also contribute to regeneration of injured muscle by facilitating removal of tissue debris (Arnold et al., 2007). Leptin stimulates proliferation and activation of macrophages (Santos-Alvarez et al., 1999; Raso et al., 2002), pointing to another possible mechanism by which leptin resistance could impair muscle regeneration. Nguyen, et al. provided data supporting this hypothesis: in injured muscle of ob/ob and db/db mice, macrophage accumulation is decreased during early regeneration (Nguyen et al., 2011). In addition, these authors observed markedly decreased angiogenesis after injury in ob/ob and db/db mice (Nguyen et al., 2011). The data suggest that leptin could potentiate muscle regeneration by regulating macrophage activity and/or by stimulating vascularization. Vascularization potentiates regrowth of regenerating muscle in mice (Ochoa et al., 2007; Deasy et al., 2009). It appears that vascularization is not only important for nutrient availability but also myofiber growth. Vascular endothelial growth factor (VEGF), elevated during angiogenesis, promotes regeneration by directly stimulating myofiber growth (Arsic et al., 2004; Messina et al., 2007). As leptin resistance is often observed in obese and type 2 diabetic humans (Maffei et al., 1995; reviewed in Martin et al., 2008) it is possible that lack of leptin signaling could contribute to poor vascularity and compromised satellite cell function.

INFLAMMATION

In skeletal muscle, inflammation is activated after injury and is coordinated with myogenic differentiation to achieve efficient muscle regeneration (reviewed in Mann et al., 2011; Kharraz et al., 2013). Immediately after muscle injury, an acute inflammatory stage ensues characterized by infiltration of pro-inflammatory M1 macrophages that remove tissue debris. Later, a different population of macrophages (M2) resolves inflammation. Accumulating data show that macrophages not only mediate inflammation but also support satellite cells during skeletal muscle regeneration. In mice, deletion of chemokine receptor-2 (CCR-2) impairs macrophage infiltration after muscle injury and results in inefficient muscle regeneration (Warren et al., 2005). In co-culture experiments in vitro, macrophages stimulate satellite cell proliferation (Cantini et al., 1994; Massimino et al., 1997; Merly et al., 1999). When transplanted together with satellite cells into muscle of Dmdmdx mice, a mouse model of human Duchenne muscular dystrophy, macrophages stimulate satellite cell survival and proliferation (Lesault et al., 2012). This potentiation effect is likely mediated, at least in part, by pro-inflammatory cytokines TNF-α and IL-6, which promote myoblast proliferation and migration in vitro (Li, 2003; Torrente et al., 2003; Wang et al., 2008; Toth et al., 2011). However, TNF-α and another pro-inflammatory cytokine IL-1α also prevent myogenic differentiation (Miller et al., 1988; Layne and Farmer, 1999; Langen et al., 2001; Trendelenburg et al., 2012). During later stages of regeneration, TGF-β and IL-10 secreted by anti-inflammatory M2 macrophages promote myogenic differentiation (Arnold et al., 2007; Deng et al., 2012). Thus, the interplay between macrophages and satellite cells is precisely temporally orchestrated during skeletal muscle regeneration.

Obesity is recognized as a state of chronic inflammation with increased circulating pro-inflammatory cytokines TNF-α, IL-1β and IL-6 (reviewed in Wellen and Hotamisligil, 2005; Gregor and Hotamisligil, 2011). The effects of chronically elevated cytokines on satellite cell maintenance, activation and proliferation are not well understood, but it appears that chronic exposure to cytokines has distinct effects on myoblast proliferation and differentiation from acute exposure. For example, in a mouse model of chronic inflammation in which TNF-α is constitutively expressed in lung and becomes chronically elevated in the circulation, skeletal muscle becomes atrophic and myoblast proliferation and differentiation are reduced in response to mechanical loading (Langen et al., 2006). Similarly, chronic, local delivery of IL-6 to muscle of young rats inhibits muscle growth and stimulates expression of cyclin-dependent kinase inhibitor p21, suggesting decreased satellite cell proliferation, although this has not been tested (Bodell et al., 2009). It is possible that in chronic inflammation the normal coordination between macrophages and muscle satellite cells is impaired and contributes to impaired satellite cell function. It would be interesting to manipulate cytokine signaling in obesity models to determine whether the chronic inflammation that accompanies obesity in fact does impair muscle satellite cell proliferation and differentiation and ultimately muscle growth.

MYOSTATIN

Myostatin is a member of the TGF-β family of secreted proteins known to prevent muscle regeneration and growth (reviewed in Joulia-Ekaza and Cabello, 2006; Kollias and McDermott, 2008). Interestingly, myostatin expression is increased in skeletal muscle of extremely obese women (Hittel et al., 2009) and of ob/ob and high-fat diet-fed mice (Allen et al., 2008). In C2C12 myoblasts, recombinant or overexpressed myostatin decreases proliferation most likely by stimulating expression of the cyclin-dependent kinase inhibitor p21, resulting in inhibition of Cdk2 and impaired G1 to S phase transition (Thomas et al., 2000; Taylor et al., 2001; Joulia et al., 2003). Moreover, proliferation of satellite cells in myostatin-null mice is markedly increased (McCroskery et al., 2003). Myostatin also represses transcription of myogenic regulatory factors through direct activation of Smad2/3 proteins, which repress expression of MyoD and myogenin. In addition, Smad3 represses MyoD activity through direct interaction (Liu et al., 2001; Langley et al., 2002). Elevated myostatin in obese people correlates with increased phosphorylation of Smad2/3 proteins and an approximately two-fold decrease in MyoD and myogenin transcript levels (Watts et al., 2013). Thus, increased myostatin in obese animals may contribute to defects in regeneration and maintenance of muscle mass (Figure 1).

The source and mechanism by which myostatin becomes elevated in obese subjects remain obscure. Expression of the myostatin gene is stimulated in myocytes by several pathways including glucocorticoid signaling (Salehian et al., 2006) possibly via C/EBP-δ (Allen et al., 2010) or repression of miR-27a/b (Allen and Loh, 2011). Myostatin expression in muscle cells has also been reported to be stimulated by FoxO1 and TGF-β/Smad3 (Allen and Unterman, 2007), MyoD (Spiller et al., 2002) and a JNK/p38-mediated signaling pathway (Han et al., 2010). It is not known which, if any, of these pathways may mediate the increase in circulating myostatin in obese patients, but it is tempting to speculate that elevated glucocorticoids commonly observed in metabolic syndrome and obesity (Anagnostis et al., 2009) could stimulate myostatin expression by promoter regulation (Allen et al., 2010) and modulation of miR-27a/b (Allen and Loh, 2011). Alternatively, insulin resistance may result in derepression of myostatin via constitutive activation of FoxO1 (Allen and Unterman, 2007); this model would be consistent with the observation of elevated myostatin in insulin resistant type 2 diabetic patients and non-obese hyperinsulinemic subjects (reviewed in Allen et al., 2011). Although skeletal muscle expresses far more myostatin than other tissues, it is noteworthy that myostatin mRNA increases by at least fifty fold in adipose tissue (primarily adipocytes) and only twofold in skeletal muscle of obese mice (Allen et al., 2008). Thus, it is possible that in obesity a large amount of myostatin could be secreted from adipose as a result of hypercortisolemia. Although myostatin is well known for its role in regulation of muscle growth, it is not clear to what extent myostatin contributes to impaired muscle regeneration observed in rodent models of obesity. Genetic manipulations disrupting myostatin signaling, such as expressing a dominant negative form of the myostatin receptor in satellite cells in an obesity model, will help to answer this question.

ADIPOGENESIS

Fibro/adipogenic progenitor (FAP) cells comprise a recently identified population of progenitors that reside in the muscle and become activated after muscle damage in mice (Joe et al., 2010; Heredia et al., 2013). Unlike myogenic progenitors, FAP cells do not fuse or differentiate into myofibers. Instead, FAP cells support myogenesis likely by enhancing proliferation and differentiation of myogenic progenitors through secretion of factors such as IL-6 (Joe et al., 2010). The signals that regulate FAP cell differentiation are incompletely understood. FAP cells spontaneously differentiate into adipocytes in vitro and when transplanted into skeletal muscle with fatty infiltration, but not when transplanted into healthy skeletal muscle (Joe et al., 2010). Using a co-culture system, Uezumi, et al. found that muscle satellite cells inhibit adipogenic differentiation of FAP cells likely by direct physical interaction (Uezumi et al., 2010), though the signal is unknown. If the same regulation occurs in vivo, then a decrease in satellite cell number, activity or proximity to FAP cells could result in increased adipogenic conversion of FAP cells and IMAT accumulation. Alternatively, exciting work by Heredia, et al. demonstrated that after skeletal muscle injury, eosinophil-derived anti-inflammatory cytokines IL-4/IL-13 promote FAP proliferation and inhibit their differentiation to adipocytes (Heredia et al., 2013). It is possible that under the pro-inflammatory conditions of obesity, the ability of satellite cells or eosinophils to inhibit adipogenic differentiation of FAP cells is compromised. As a result, FAP cells activated during injury could differentiate into adipocytes, contribute to increased IMAT, and occupy areas of the tissue once filled with skeletal myofibers. Indeed, it has been shown that muscle side population cells from dystrophic or injured tissue differentiate in culture to FAP cells and lose myogenic capacity (Penton et al., 2013). It is notable in this regard that in patients with Duchenne muscular dystrophy, the skeletal muscle eventually loses capacity for ongoing regeneration and myofibers are replaced by fatty infiltrate and collagen (Radley et al., 2007). It will be important for future studies to examine the action of FAP cells in obese animals and humans.

METABOLISM

Recently it has been recognized that satellite cells exhibit different intrinsic metabolic properties in states of quiescence, proliferation and differentiation (reviewed in Ryall, 2013). In the quiescent state, satellite cells have low energy demands, low oxygen consumption and low ATP production. In low nutrient conditions, elevated NAD+ levels stimulate the deacetylase SIRT1, which in turn promotes myoblast proliferation and prevents myogenic differentiation, in part via MyoD deacetylation (Fulco et al., 2003). Culturing mouse myoblasts in low glucose medium similarly prevents differentiation at least in part through SIRT1 activation (Fulco et al., 2008; reviewed in Ryall, 2012). It thus can be hypothesized that in low energy states, limited nutrient supply and the associated increase in SIRT1 activity would be beneficial to maintain a pool of muscle satellite cells. On the other hand, obesity and nutrient overload would be expected to provide unfavorable conditions for maintenance of quiescent satellite cells or for proliferation after acute injury.

Cerletti, et al. tested the corollary to this hypothesis by evaluating muscle satellite cell metabolism and function in mice after short-term (12 weeks) caloric restriction. They showed that short-term caloric restriction in mice increases both the number and myogenic capacity of muscle-associated satellite cells and enhances regeneration after freeze injury (Cerletti et al., 2012). Satellite cells isolated from calorie-restricted animals had higher mitochondrial content, enhanced oxidative metabolism and reduced glycolytic capacity accompanied by elevated SIRT1 expression. Muscle stem cells harvested from calorically restricted mice also displayed improved engraftment in dystrophin-deficient Dmdmdx mice that had not been previously subjected to caloric restriction (Cerletti et al., 2012). Thus, the altered cellular metabolic state of the satellite cells from a calorie-restricted animal was sufficient to confer benefits on a normal recipient. The beneficial effects of calorie restriction were not, however, limited to the satellite cells. Transplanted muscle stem cells had much higher engraftment efficiency when transplanted into healthy uninjured skeletal muscle of animals undergoing calorie restriction, possibly as a result of reduced inflammation in the muscle (Cerletti et al., 2012).

These findings strongly suggest that (1) muscle satellite cell metabolism is profoundly altered by the systemic nutritional environment and (2) the metabolic/ inflammatory state of the organism, and therefore of the mature myofibers, also affects the health or fusion capacity of satellite cells. Accumulation of SIRT1 protein in the satellite cells from calorically restricted mice could theoretically stimulate proliferation and oxidative metabolism, resulting in a larger satellite cell pool. In obesity, perturbations of intrinsic satellite cell metabolism could negatively affect the proliferation and activity of the satellite cell pool, but this exciting field is still emerging.

MUSCLE REGROWTH AFTER INJURY IN OBESE ANIMALS

A common finding among the aforementioned in vivo studies of skeletal muscle regeneration in obese animals is reduced recovery of muscle mass and function after injury (Hu et al., 2010; Nguyen et al., 2011; Tamilarasan et al., 2012). This may occur secondary to reduced satellite cell function or as a result of defective hypertrophic growth after initial satellite cell differentiation and fusion. In this section, we will discuss some potential mechanisms underlying defective muscle regrowth after injury in obese animals.

IGF-1/AKT SIGNALING

In normal skeletal muscle, the balance between muscle hypertrophy and atrophy is largely regulated by the IGF-1/Akt signaling pathway (reviewed in Glass, 2010), which stimulates mTOR-dependent protein synthesis and inhibits FOXO-dependent transcription of muscle-specific E3 ubiquitin ligases (Bodine et al., 2001; Sartorelli and Fulco, 2004; Bodine, 2006). The balance between muscle growth and atrophy is dysregulated in obesity. In obese mice and Zucker rats, muscle growth in response to mechanical loading is reduced due to decreased activation of Akt, p70S6 kinase and mTOR (Sitnick et al., 2009; Paturi et al., 2010). Similar mechanisms might impair muscle regrowth after injury. Indeed, in high-fat diet-fed mice, Hu, et al. found that PIP3 levels and PI(3)-kinase activity are reduced and expression of the lipid and protein phosphatase PTEN is increased (Hu et al., 2010). These combined changes would result in decreased Akt and mTOR activity and reduced hypertrophy. Pten deletion in muscle is sufficient to restore Akt phosphorylation and remarkably improves muscle growth in high-fat diet-fed mice (Hu et al., 2010). These findings clearly demonstrate that dysregulated PI(3)-kinase/Akt pathway activity in muscle of obese mice not only impairs insulin signaling but also interferes with muscle growth.

On the other hand, Nguyen, et al. observed impaired muscle growth after injury in obese ob/ob and db/db and but not in high-fat diet-fed mice (Nguyen et al., 2011). Since both ob/ob and db/db mice are deficient in leptin signaling, one interpretation is that leptin signaling is necessary for normal muscle regeneration. The authors point out that leptin could promote muscle growth by activation of PI(3)-kinase and ERK1/2 pathways (Nguyen et al., 2011). Consistently, administration of recombinant leptin to mice or C2C12 myoblasts activates janus kinase 2 (JAK2), which potentiates phosphorylation of insulin receptor substrates IRS1 and IRS2, activity of PI(3)-kinase, and phosphorylation of Akt and glycogen synthase kinase 3 (GSK3) (Kellerer et al., 1997; Kim et al., 2000; Maroni et al., 2003, 2005). These studies suggest the hypothesis that leptin-dependent activation of Akt is important for regulation of muscle growth or regrowth after injury. In further support of this model, leptin treatment of ob/ob mice increases the mass of multiple skeletal muscle groups, including gastrocnemius, EDL and soleus, with concomitant decreased expression of muscle-specific E3 ubiquitin ligases MAFbx and MuRF1 in gastrocnemius muscle (Sainz et al., 2009).

The toxic lipid metabolites diacylglycerols and ceramides also impair IGF-1/Akt signaling. In skeletal muscle and liver, diacylglycerols activate PKCε and PKCθ, which phosphorylate multiple serine residues of insulin receptor substrate-1 (IRS-1) directly or via JNK and IKKβ ultimately leading to insulin resistance (Yu et al., 2002; Li et al., 2004; reviewed in Samuel et al., 2010; Turban and Hajduch, 2011). Interestingly, PKCθ deletion in dystrophic Dmdmdx mice increases expression of myogenin and myosin heavy chain and decreases necrotic areas in the muscle (Madaro et al., 2012). Similarly, stable PKCθ knockdown in C2C12 cells increases expression of myogenin and myosin heavy chain and potentiates myotube formation in vitro (Marino et al., 2013). The other major class of toxic lipid intermediates, ceramides, inhibits Akt by two distinct mechanisms. In C2C12 myoblasts, 3T3-L1 adipocytes and PC-12 cells, ceramides activate protein phosphatase 2A, leading to Akt dephosphorylation (Salinas et al., 2000; Cazzolli et al., 2001; Chavez et al., 2003; Stratford et al., 2004). In L6 myotubes, ceramides induce PKCζ-dependent Akt phosphorylation on Thr34, which blocks Akt translocation to the plasma membrane (Hajduch et al., 2001; Powell et al., 2003, 2004; reviewed in Bikman and Summers, 2011). In addition, ceramides impair amino acid uptake in L6 myotubes by decreasing the amount of the membrane-associated amino acid transporter SNAT2, with concomitant reduction of p70S6 kinase phosphorylation and protein synthesis (Hyde et al., 2005). All of these events would be expected to inhibit myofiber growth. It is likely that a similar mechanism contributes to impaired muscle regrowth during regeneration in obese animals (Figure 1).

INFLAMMATION

Pro-inflammatory cytokines TNF-α, IL-1β and IL-6 inhibit IGF-1/Akt signaling and de-repress transcription of muscle ubiquitin ligases Mafbx and Murf1 and potentiate skeletal muscle atrophy (reviewed in Glass and Roubenoff, 2010). Thus, in addition to the possible negative effects on myoblast proliferation and differentiation, increased circulation of TNF-α, IL-1β and IL-6 could counteract anabolic growth of skeletal muscle during regeneration in obese animals (Figure 1). For example, treatment of human, porcine or mouse (C2C12) myoblasts with TNF-α or IL-1β prevents IGF-1-stimulated protein synthesis (Frost et al., 1997; Broussard et al., 2003, 2004). In rats, 16 weeks of high-fat diet feeding results in decreased Akt and mTOR phosphorylation and increased apoptosis that correlates with upregulation of TNF-α receptors in the muscle (Sishi et al., 2011). Interestingly, TNF-α treatment increases ceramide synthesis in C2C12 myoblasts and L6 myotubes, and exogenous ceramides cause atrophy of L6 myotubes (Strle et al., 2004; De Larichaudy et al., 2012). In support of the idea that ceramides mediate effects of TNF-α on myotubes, ceramide synthesis inhibitors block the inhibitory effect of TNF-α on IGF-1-stimulated protein synthesis (Strle et al., 2004) and prevent TNF-α induced atrophy (De Larichaudy et al., 2012). It is therefore possible that in obese animals, elevated TNF-α impairs IGF-1 signaling and muscle regrowth via ceramides and toxic lipid intermediates, which also directly inhibit satellite cell activity.

CONCLUDING REMARKS

The influence of obesity on skeletal muscle regeneration and maintenance is an emerging area that is poorly mechanistically understood. So far, this topic has been primarily addressed in studies on obese rodents. Regenerative capacity is particularly impaired by severe obesity such as in genetically obese ob/ob and db/db mice. Identifying factors that specifically block muscle regeneration in obese animals is challenging because obesity is accompanied by several abnormalities, including but not limited to ectopic accumulation of multiple lipid species, insulin and leptin resistance, chronic inflammation and metabolic disturbances (Figure 1). Using genetic models and pharmacological approaches to block synthesis of specific lipid species and modulate production and signaling of cytokines will help to determine which lipid species and cytokines specifically impair regeneration in obese animals. Another challenge is determining how obesity affects different steps during regeneration such as satellite cell activation and proliferation, myoblast differentiation, fusion and myofiber growth. In this regard, intriguing new studies linking global metabolism, cellular metabolism and satellite cell capacity for engraftment may facilitate identification of new molecular mechanisms that could be targeted therapeutically. An important open question is whether and to what extent obesity impairs muscle regeneration in humans and whether impaired muscle regeneration contributes to poor wound healing in type 2 diabetic patients (reviewed in Greenhalgh, 2003), or whether poor vascular function itself impairs satellite cell function and skeletal muscle regeneration in obese and type 2 diabetic people. In obese and type 2 diabetic patients, exercise and low calorie diet aimed at reducing lipid oversupply and stimulating metabolism could be beneficial not only by improving whole body metabolism but also perhaps by promoting anabolic growth of muscle via improved satellite cell viability and function. Stimulation or preservation of satellite cells could, in turn, enable these individuals to become stronger and more active and to possibly prevent further IMAT accumulation. In addition to abnormalities discussed here, obese and type 2 diabetic individuals suffer from complications, such as peripheral neuropathy, which we do not address directly in this review (reviewed in Vincent et al., 2011; Ylitalo et al., 2011). As innervation is required for skeletal muscle maintenance and regeneration in rodents (d'Albis et al., 1988; Rodrigues Ade and Schmalbruch, 1995; Billington, 1997), it is possible that peripheral neuropathy contributes to impaired skeletal muscle regeneration in obese and type 2 diabetic humans and could prevent putative salutary effects of strategies to promote satellite cell function. Ultimate conclusions about the effects of obesity on muscle regeneration await the results of the next generation of experiments that explore signaling mechanisms and more fully characterize muscle regeneration in obese rodents and humans.
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Adult skeletal muscle possesses a remarkable regenerative ability that is dependent on satellite cells. However, skeletal muscle is replaced by fatty and fibrous connective tissue in several pathological conditions. Fatty and fibrous connective tissue becomes a major cause of muscle weakness and leads to further impairment of muscle function. Because the occurrence of fatty and fibrous connective tissue is usually associated with severe destruction of muscle, the idea that dysregulation of the fate switch in satellite cells may underlie this pathological change has emerged. However, recent studies identified nonmyogenic mesenchymal progenitors in skeletal muscle and revealed that fatty and fibrous connective tissue originates from these progenitors. Later, these progenitors were also demonstrated to be the major contributor to heterotopic ossification in skeletal muscle. Because nonmyogenic mesenchymal progenitors represent a distinct cell population from satellite cells, targeting these progenitors could be an ideal therapeutic strategy that specifically prevents pathological changes of skeletal muscle, while preserving satellite cell-dependent regeneration. In addition to their roles in pathogenesis of skeletal muscle, nonmyogenic mesenchymal progenitors may play a vital role in muscle regeneration by regulating satellite cell behavior. Conversely, muscle cells appear to regulate behavior of nonmyogenic mesenchymal progenitors. Thus, these cells regulate each other reciprocally and a proper balance between them is a key determinant of muscle integrity. Furthermore, nonmyogenic mesenchymal progenitors have been shown to maintain muscle mass in a steady homeostatic condition. Understanding the nature of nonmyogenic mesenchymal progenitors will provide valuable insight into the pathophysiology of skeletal muscle. In this review, we focus on nonmyogenic mesenchymal progenitors and discuss their roles in muscle pathogenesis, regeneration, and homeostasis.
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INTRODUCTION

The most fundamental roles of skeletal muscle are the generation of force and the control of body movement by contraction. In addition, skeletal muscle serves as physical safeguard for other organs as it is anatomically located immediately beneath the skin. Because of its functional roles, skeletal muscle represents one of the most frequently damaged organs in the body. Therefore, regeneration from the damage is an essential property of skeletal muscle. One of the best examples of remarkable regeneration capacity of skeletal muscle is the study that showed myofiber regeneration after more than 20 repeated injuries (Sadeh et al., 1985). The high regeneration capacity of skeletal muscle is attributed to satellite cells, which reside between the sarcolemma and the basal lamina of myofibers. M-cadherin and Pax7 are the most reliable markers for mouse satellite cells (Irintchev et al., 1994; Seale et al., 2000). An essential role for satellite cells in adult myogenesis was exquisitely demonstrated by studies using genetically-engineered mice in which Pax7-expressing satellite cells are ablated (Lepper et al., 2011; Murphy et al., 2011; Sambasivan et al., 2011). These mice showed complete loss of regenerative response and severe fatty and fibrous degeneration after muscle injury, indicating that nonsatellite cells cannot compensate for satellite cell-dependent myogenesis. In addition to contributing to new myofiber formation, a subset of satellite cells have been shown to be capable of self-renewal (Collins et al., 2005; Montarras et al., 2005; Sacco et al., 2008; Rocheteau et al., 2012). Thus, satellite cells act as adult muscle stem cells.

Despite the presence of well-established stem cells that underlie the exceptional regeneration potential, skeletal muscle is replaced by ectopic tissues such as adipose tissue, fibrous connective tissue, and bone in several pathological conditions. These ectopic tissues become an aggravating factor in muscle weakness because they lack contractile ability and hinder the supply of nutrients to myofibers. In most cases, ectopic tissue formation within skeletal muscle is associated with severe destruction of myofibers, leading to the concept that dysregulation of the fate switch in satellite cells may underlie these degeneration processes. However, this concept was refuted by recent studies describing the identification of nonmyogenic mesenchymal progenitors in skeletal muscle. These studies established the pathological relevance of nonmyogenic mesenchymal progenitors to muscle diseases. In addition to their roles in disease conditions, nonmyogenic mesenchymal progenitors appear to play roles in muscle regeneration and in steady-state muscle homeostasis. This review focuses on nonmyogenic mesenchymal progenitors and describes their roles in the pathogenesis, regeneration, and homeostasis of skeletal muscle.

FAT INFILTRATION, FIBROSIS, AND HETEROTOPIC OSSIFICATION IN SKELETAL MUSCLE

In normal healthy muscle, especially in the gastrocnemius, occasional adipocytes can be encountered in connective tissue septa (Carpenter and Karpati, 2001). Physiological significance of these occasional adipocytes in normal muscle is largely unknown. Disease in which there is loss of muscle cells without efficient regeneration leads to an increase of ectopic adipocytes within fascicles (Carpenter and Karpati, 2001). In myopathic disorders accompanied by myofiber destruction, endomysial fibrous connective tissue increases from the onset of the disease, but the increase in endomysial fatty connective tissue is observed only after there has been an extensive loss of myofibers (Banker and Engel, 2004). The most striking accumulation of adipocytes is seen in advanced cases of Duchenne muscular dystrophy (DMD) or myotonic dystrophy, where a muscle may be almost entirely replaced by adipose tissue (Carpenter and Karpati, 2001; Banker and Engel, 2004). Fat infiltration in skeletal muscle is also pronounced in other disease conditions including obesity (Goodpaster et al., 2000; Greco et al., 2002; Sinha et al., 2002), type II diabetes (Goodpaster et al., 2000; Hilton et al., 2008), unloading (Manini et al., 2007), hemiparetic stroke (Ryan et al., 2002), and spinal cord injury (Gorgey and Dudley, 2007). Aging is accompanied by deterioration in muscle function, and fat infiltration in skeletal muscle increases with age Visser et al., 2002, 2005; Kim et al., 2009; Marcus et al., 2010; Kragstrup et al., 2011. It is not known whether adipocytes within skeletal muscle would disappear if the disease conditions could be reversed.

Fibrosis is a pathological feature associated with many chronic inflammatory diseases. Fibrosis is defined by the excessive accumulation of extracellular matrix (ECM) components, which can lead to permanent scarring and organ malfunction. Although ECM deposition is an indispensable and, typically, reversible part of wound healing, the repair process can produce a progressively irreversible fibrosis if the tissue injury is severe or repetitive or if there is a defect in the repair machinery. Fibrosis in skeletal muscle can be seen in most conditions where there is chronic muscle damage or insufficient regeneration but is most prominent in muscular dystrophy (Carpenter and Karpati, 2001; Banker and Engel, 2004). A possible exception is myotonic dystrophy, where fat infiltration appears to proceed without much fibrosis (Carpenter and Karpati, 2001). Sports injuries such as lacerations, contusions or strains can also elicit irreversible fibrotic response and lead to scar formation depending on the severity of injuries (Jarvinen et al., 2000; Beiner and Jokl, 2001). Although myofibroblasts are cells responsible for fibrosis of other organs such as liver and kidney, one should keep in mind that these cells have not been identified in most skeletal muscle diseases except for nodular fasciitis (Wirman, 1976) and pseudomalignant myositis ossificans (Povysil and Matejovsky, 1979).

Heterotopic ossification (HO) is defined as the abnormal formation of mature, lamellar bone in soft tissues outside the skeletal periosteum. The most commonly affected site is skeletal muscle. HO has been thought to result from inappropriate differentiation of progenitor cells that is induced by a pathological imbalance of local or systemic factors. There are three recognized etiologies of HO: traumatic, neurogenic, and genetic (Balboni et al., 2006). Traumatic HO is the most common type of HO and typically recognized after fractures, severe burns, and surgical trauma, especially after total hip arthroplasty (Nilsson and Persson, 1999). Neurogenic HO can be frequently seen after injuries to central nervous system (Garland et al., 1980). Other neurologic conditions have also been implicated in the development of HO, including meningitis (Lorber, 1953), myelitis (Stoikovic et al., 1955), and tetanus (Ishikawa et al., 1982). Genetic disorders in which HO arises in skeletal muscle are fibrodysplasia ossificans progressiva (FOP) and progressive osseous heteroplasia (POH) (Kaplan and Shore, 2000; Pignolo et al., 2011). FOP is a severely disabling heritable disorder of connective tissue characterized by congenital malformations of the great toes and progressive extraskeletal ossification. Mutation of the ALK-2 gene, a BMP type I receptor, was identified in FOP patients (Shore et al., 2006) and has been shown to contribute to the pathogenesis of FOP (Chakkalakal et al., 2012). POH is a genetic disorder of mesenchymal differentiation characterized by dermal ossification during infancy and progressive HO of cutaneous, subcutaneous, and deep connective tissues including skeletal muscle during childhood. An inactivating mutation of GNAS1 gene was reported to be the cause of POH (Shore et al., 2002).

IDENTIFICATION OF NONMYOGENIC MESENCHYMAL PROGENITORS AND THEIR CONTRIBUTION TO PATHOGENESIS OF SKELETAL MUSCLE

To clarify the origin of cell populations involved in the fatty degeneration of skeletal muscle, we conducted a comprehensive survey of cells that reside in skeletal muscle using a FACS-based cell isolation technique. As a consequence, we found that only cells expressing PDGFRα can differentiate into adipocytes. In addition to adipogenic potential, PDGFRα+ cells can differentiate into osteoblastic or smooth muscle-like cells but scarcely differentiate into skeletal muscle lineage cells. Therefore, we termed these cells mesenchymal progenitors (Uezumi et al., 2010). Mesenchymal progenitors reside in the muscle interstitium and therefore represent a cell population that is distinct from satellite cells (Figure 1). These cells are more frequently observed in the perimysium than in the endomysium, particularly in the perivascular space. But they are distinct from pericytes because they reside outside the vessel wall and outside the capillary basement membrane. They do not originate from bone marrow, but instead represent a cell population that is resident in skeletal muscle. Importantly, only mesenchymal progenitors can participate in ectopic fat cell formation when transplanted into fatty degenerating muscle, while other cells residing within skeletal muscle do not have such an activity (Uezumi et al., 2010). Another group also identified cells with adipogenic potential on the basis of Sca-1 and CD34 expression (Joe et al., 2010). Sca-1+CD34+ cells were referred to as fibro/adipogenic progenitors (FAPs), because these cells have the potential to produce both adipocytes and fibroblasts but fail to differentiate into osteogenic cells in vitro. PDGFRα+ mesenchymal progenitors express Sca-1, and complementally FAPs express PDGFRα (Joe et al., 2010; Uezumi et al., 2010); thus both cell types seem to represent the same cell population. Adipocytes that emerge in skeletal muscle show unilocular morphology and PDGFRα+ cell-derived adipocytes express high level of Leptin (Uezumi et al., 2010), indicating that mesenchymal progenitors have a high propensity to differentiate into white adipose lineage. However, brown adipogenic potential of Sca-1+ progenitors was also demonstrated (Schulz et al., 2011). Thus, mesenchymal progenitors appear to possess the capacity to differentiate into both white and brown adipocytes.


[image: image]

FIGURE 1. Localization of PDGFRα+ mesenchymal progenitors in normal muscle. (A) Fresh frozen section of mouse TA muscle subjected to immunofluorescence staining for M-cadherin (M-cad), PDGFRα, and laminin α2, and subsequently to HE staining. Arrows indicate PDGFRα+ mesenchymal progenitors and arrowhead indicates satellite cells. Scale bar: 10 μm. (B) Schematic view of (A). Mesenchymal progenitors that reside in muscle interstitium express collagen VI, follistatin, and laminin α2, and maintain muscle mass in a normal physiological condition.



In the subsequent study, we revealed that mesenchymal progenitors also contribute to skeletal muscle fibrosis (Uezumi et al., 2011). A striking increase in the number of PDGFRα+ cells is conspicuous in fibrotic areas of the diaphragm from mdx mice (Figure 2). Using an irradiation-induced muscle fibrosis model, we further demonstrated that transplanted PDGFRα+ cells directly participate in fibrotic scar tissue formation with negligible myogenic activity (Uezumi et al., 2011). In contrast, satellite cell-derived myoblasts exclusively participate in myofiber formation but do not contribute to fibrous connective tissue formation. A study by Dulauroy et al. provided further details. By inducible lineage tracing, Dulauroy et al. showed that a subset of PDGFRα+ cells begin to express ADAM12 during muscle injury and an ADAM12+PDGFRα+ subset accumulates fibrotic regions of injured muscle (Dulauroy et al., 2012). This study sophisticatedly demonstrated that endogenous mesenchymal progenitors are indeed the origin of profibrotic cells. However, the study utilized a CTX muscle injury model. Because skeletal muscle regenerates almost completely without development of fibrotic scar tissue after CTX injection (Hawke and Garry, 2001; Harris, 2003), this model reflects a reversible repair process rather than irreversible fibrosis. Therefore, the behavior of ADAM12+PDGFRα+ cells in a more pathologically relevant model would be of considerable interest. Using single myofibers isolated from Pax7-CreER/ROSA26 mice, a strain in which tamoxifen administration leads to permanent β-galactosidase expression only in Pax7+ satellite cells, satellite cells were shown to become fibrogenic under the influence of aged serum (Brack et al., 2007). The conversion ratio was around 10% in this context. In contrast, nearly 100% of PDGFRα+ mesenchymal progenitors were converted to fibrogenic cells when treated with TGF-β at a concentration that had no effect on satellite cell myogeneity (Uezumi et al., 2011). Although different experimental conditions used in those studies make direct comparisons difficult, mesenchymal progenitors seem to be more prone to fibrogenic conversion than satellite cells. However, further studies are needed to elucidate which cell type—satellite cells or PDGFRα+ mesenchymal progenitors—is the main source of fibrogenic cells in an aged environment in vivo. The link between fibrogenesis and PDGFRα signaling has been demonstrated by several studies. Olson and Soriano generated mice in which mutant PDGFRα with increased kinase activity was knocked into a PDGFRα locus (Olson and Soriano, 2009). Thus, constitutively active PDGFRα signaling is operative only in cells that express PDGFRα endogenously in the mutant mice. The mice with mutant PDGFRα showed progressive fibrosis in multiple organs including skeletal muscle. We showed that stimulation of PDGFRα signaling in PDGFRα+ mesenchymal progenitors promotes cell proliferation and upregulates the expression of fibrosis-related genes (Uezumi et al., 2011). Imatinib, an inhibitor of several tyrosine kinases including PDGFR, c-kit, and bcr-abl oncogene, was shown to ameliorate the dystrophic symptoms of mdx mice (Bizario et al., 2009; Huang et al., 2009; Ito et al., 2013). Importantly, imatinib treatment decreased the phosphorylation level of PDGFRα in the dystrophic muscle (Huang et al., 2009), and treatment of PDGFRα+ mesenchymal progenitors with imatinib inhibited PDGFRα-induced proliferation and expression of fibrotic genes (Ito et al., 2013). Taking these findings into account, the therapeutic effect of imatinib exerted on dystrophic mice seems to be achieved at least in part through targeting PDGFRα+ mesenchymal progenitors.
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FIGURE 2. The behavior of PDGFRα+ mesenchymal progenitors in dystrophic muscle. Fresh frozen section of mdx diaphragm subjected to immunofluorescence staining for laminin α2, PDGFRα, and collagen I, and subsequently to HE staining. Scale bar: 20 μm.



The contribution of mesenchymal progenitors to HO in skeletal muscle was exquisitely demonstrated by Goldhamer and colleagues. By crossing lineage-specific Cre mice with Cre-dependent reporter mice, they generated several mouse lines in which specific lineage cells were permanently labeled, and showed that skeletal myogenic cells including satellite cells or smooth muscle cells do not contribute to BMP-induced HO. Instead, they found a significant contribution of Tie2-lineage cells to HO in two mouse models of dysregulated BMP signaling (Lounev et al., 2009). Tie2 is usually used as a marker of endothelial cells, but expression of the Tie2 gene is also recognized in mesenchymal progenitors (Uezumi et al., 2010). To clarify which cell type labeled by Tie2-Cre contributes to the development of HO, Wosczyna et al. conducted further detailed research. Although endothelial cells constitute a large part of the Tie2+ fraction, they did not detectably contribute to HO. After careful cell fractionation by FACS, PDGFRα+Sca-1+ cells within Tie2+ fraction were found to be the predominant source of progenitors that give rise to ectopic cartilage and bone (Wosczyna et al., 2012). Clonal analysis revealed that Tie2+PDGFRα+Sca-1+ progenitors are multipotent as colonies derived from single Tie2+PDGFRα+Sca-1+ cells exhibited both osteogenic and adipogenic differentiation potentials.

As described above, several studies independently reported nonmyogenic mesenchymal progenitors that contribute to the pathogenesis of skeletal muscle. Progenitor cells described by different groups share a common cell surface phenotype: CD31−CD45−Sca-1+PDGFRα+, and therefore seem to be closely related to each other or represent the same cell population. FAPs were so named because they did not differentiate into osteogenic cells (Joe et al., 2010). But it is obvious that these progenitors possess osteo/chondrogenic potential as demonstrated in the studies by Goldhamer and colleagues. Because osteogenic potential of FAPs was assessed only in in vitro condition without BMP (Joe et al., 2010), their differentiation potential was probably underestimated. Therefore, the name FAPs does not represent the nature of these progenitors adequately. Although Sca-1 is widely used to identify progenitor populations in mice, it is also highly expressed in nonprogenitor cells such as endothelial cells. Furthermore, there is no human homolog of Sca-1 (Holmes and Stanford, 2007). Thus, this marker lacks relevance to the pathophysiology of human skeletal muscle. In contrast, PDGFRα is highly specific to mesenchymal progenitors (Uezumi et al., 2010) and is conserved in humans. In fact, cells equivalent to mouse PDGFRα+ mesenchymal progenitors can be isolated from human muscle using PDGFRα as the marker (Oishi et al., 2013). As we have consistently used this marker since we described PDGFRα as the specific marker of mesenchymal progenitors for the first time, we believe that PDGFRα is the best marker to identify mesenchymal progenitors in skeletal muscle.

SATELLITE CELLS: MUSCLE STEM CELLS OR MULTIPOTENT STEM CELLS?

Although satellite cells have been considered as monopotential precursors that give rise only to cells of myogenic lineage (Bischof, 2004), several studies have shown that satellite cells can differentiate into cells of nonmyogenic lineages using satellite cell-derived myoblast culture or single myofiber culture (Asakura et al., 2001; Wada et al., 2002; Shefer et al., 2004). In myoblast culture, cells are usually purified by a preplating method or by culturing muscle-derived cells at a density that selectively promotes myogenic colony formation while nonmyogenic cells grow poorly. These methods require relatively long culture periods to obtain a pure culture. However, long-term culture or clonal expansion can elicit spontaneous transformations that lead to generation of the differentiation-defective cells often observed in myogenic cell lines (Lim and Hauschka, 1984). Moreover, only a few passages significantly reduce the muscle reconstitution ability of satellite cells (Montarras et al., 2005; Ikemoto et al., 2007). Therefore, the cells obtained may have undergone considerable changes during long culture periods, and thus cannot be considered equivalent to satellite cells. Single myofiber culture is a method to isolate single myofibers with their associated satellite cells by appropriate enzymatic treatment. Because each single myofiber carries a small number of satellite cells (approximately 10–20 satellite cells depending on the muscle from which the myofiber is derived) (Collins et al., 2005), contamination with only a few nonsatellite cells will have a considerable impact. In fact, it has been demonstrated that all the adipocytes that emerge in a single myofiber culture are derived from contaminated nonsatellite cells (Starkey et al., 2011).

The studies describing nonmyogenic mesenchymal progenitors showed that satellite cells do not adopt nonmyogenic fates but exclusively contribute to myogenesis even when transplanted into degenerating muscle that facilitate adipogenic, fibrogenic, or osteo/chondrogenic differentiation (Uezumi et al., 2010, 2011; Wosczyna et al., 2012). These findings suggest that satellite cells are committed to the myogenic lineage. This was further supported by the studies showing the expression of myogenic determination genes in satellite cells or progenitors of satellite cells. Using lineage tracing or selective cell ablation strategies, it has been shown that essentially all adult satellite cells originate from progenitors that had expressed MyoD, a key muscle determination gene, prenatally, and these MyoD-expressing progenitors are essential for skeletal myogenesis and satellite cell development (Kanisicak et al., 2009; Wood et al., 2013). Myf5, another muscle determination gene, is expressed at the mRNA level in the majority of satellite cells, but its translation was shown to be repressed by miR-31, leading to a model in which posttranscriptional mechanisms hold quiescent satellite cells poised to enter the myogenic program (Crist et al., 2012). Taken together, satellite cells should be considered as muscle stem cells committed to myogenic lineage. Although recent study showed that satellite cells can differentiate into brown adipocytes, this differentiation pathway is inhibited by miR-133 in a physiological context (Yin et al., 2013).

ROLES FOR NONMYOGENIC MESENCHYMAL PROGENITORS IN MUSCLE REGENERATION

The pathological relevance of nonmyogenic mesenchymal progenitors to muscle diseases leads to the idea that targeting these cells can be an excellent therapeutic strategy for the treatment of muscle disorders. However, this idea should be considered carefully, because nonmyogenic mesenchymal progenitors are also present in normal healthy muscle. In fact, we found that the number of these cells significantly increased during the muscle regeneration induced by CTX injection (Uezumi et al., 2010). As described earlier, CTX injection elicits successful muscle regeneration that is not accompanied by fat infiltration and fibrosis. Thus, mesenchymal progenitors decreased in number without making fatty and fibrous connective tissue as muscle regeneration proceeded. Intriguingly, they encircled the sheath of the basement membrane in which satellite cells undergo active myogenesis during muscle regeneration (Uezumi et al., 2010) (Figure 3). These findings suggest the interaction between mesenchymal progenitors and activated satellite cells. To gain insight into the interaction between them, we employed a co-culture system and found that adipogenesis of mesenchymal progenitors was strongly inhibited by the presence of myogenic cells derived from satellite cells (Uezumi et al., 2010). Rossi and co-workers demonstrated the complementary effect of this interaction. They showed that satellite cell-dependent myogenesis is promoted by mesenchymal progenitors in the co-culture (Joe et al., 2010).
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FIGURE 3. Localization of PDGFRα+ mesenchymal progenitors in regenerating muscle. (A) Fresh frozen section of regenerating muscle subjected to immunofluorescence staining for M-cadherin (M-cad), PDGFRα, and laminin α2, and subsequently to HE staining. Scale bar: 10 μm. (B) Schematic view of (A). Mesenchymal progenitors encircle the sheath of basement membrane in which satellite cells undergo active myogenesis. Mesenchymal progenitors stimulate satellite cell expansion and promote satellite cell-dependent myogenesis. Factors responsible for these effects remain to be identified.



The in vivo significance of the interaction between two types of cells was elegantly demonstrated by Kardon and colleagues. They first found that the transcription factor Tcf4 is expressed in lateral plate-derived limb mesodermal cells distinct from myogenic cells (Kardon et al., 2003). They explored the identity of Tcf4+ cells and revealed that Tcf4 identifies connective tissue fibroblasts that are closely associated with skeletal muscles during development and in adulthood. By utilizing Tcf4-Cre mice, which allow genetic manipulation of connective tissue fibroblasts, fibroblasts were shown to promote slow myogenesis, the switch from fetal to adult muscle, and myoblast fusion (Mathew et al., 2011). This study clearly indicated that connective tissue fibroblasts are a critical regulator of muscle development. Roles for connective tissue fibroblasts have been further explored in adult muscle regeneration. Tcf4+ fibroblasts were specifically ablated using Tcf4-CreERT2 knock-in mice that allow conditional gene manipulation in connective tissue fibroblasts. Fibroblast-ablated mice showed impaired muscle regeneration with premature satellite cell differentiation, depletion of the early pool of satellite cells, and smaller regenerated myofibers (Murphy et al., 2011). This was the first in vivo demonstration of the importance of connective tissue fibroblasts as the niche regulating satellite cell expansion during regeneration. Connective tissue fibroblasts appear to have more impact in regulating muscle regeneration because the ablation efficiency of Tcf4+ cells was about 40% in this study. The authors also showed that specific ablation of satellite cells resulted in a complete loss of regenerated myofibers, and, importantly, misregulation of fibroblasts, leading to a dramatic increase in fatty and fibrous connective tissue (Murphy et al., 2011). Thus, reciprocal interaction between the two types of cells is critical for efficient and effective muscle regeneration. A direct relationship between mesenchymal progenitors and Tcf4+ fibroblasts remains to be demonstrated. However, Tcf4+ fibroblasts express PDGFRα (Murphy et al., 2011), a marker of mesenchymal progenitors, and accumulating evidence suggests that mesenchymal progenitors and so-called fibroblasts share much more in common than previously recognized (Sudo et al., 2007; Haniffa et al., 2009). Therefore, these cells might be largely overlapping.

Heredia et al. reported that IL-4 signaling inhibits adipogenesis and stimulates the support function of mesenchymal progenitors for successful muscle regeneration (Heredia et al., 2013). IL-4 signaling also elicited phagocytic activity in mesenchymal progenitors and promoted the clearance of necrotic fibers by mesenchymal progenitors (Heredia et al., 2013). This study provided the regulatory mechanism of mesenchymal progenitors during muscle regeneration. IL-4 is also probably best known as the canonical Th2 effector cytokine and a critical developmental determinant that promotes Th2 response but inhibits Th1 response (Swain et al., 1990). Genetic background is known to greatly affect the nature of the Th cell response. BALB/c and DBA/2 mice are well known as strains with a high Th2 bias and as high producers of IL-4, and conversely, C57BL/6 and C57BL/10 mice are well known as the strains with low Th2 bias and as low producers of IL-4 (Reiner and Locksley, 1995; Bix et al., 1998; Yagi et al., 2002; Okamoto et al., 2009). Genetic background is also known to affect muscle regeneration potential. Importantly, BALB/c and DBA/2 mice show impaired muscle regeneration with adipocyte infiltration even in the CTX model that never induces fatty degeneration in C57BL/6 or C57BL/10 mice (Fukada et al., 2010). Therefore, muscle regeneration ability appears to correlate inversely with IL-4 production ability. Although self-renewal capacity of satellite cells was diminished in DBA/2 mice (Fukada et al., 2010), it still remains a mystery why high IL-4-producing strains, BALB/c and DBA/2 mice, readily develop fatty connective tissue after CTX-induced injury. Elucidation of the detailed mechanisms by which the phenotype of mesenchymal progenitors is regulated during muscle regeneration requires further investigation.

ROLES FOR NONMYOGENIC MESENCHYMAL PROGENITORS IN STEADY STATE HOMEOSTASIS OF SKELETAL MUSCLE

Nonmyogenic mesenchymal progenitors may have roles in steady state homeostasis of skeletal muscle. Collagen type VI, along with the fibrillins, is one of the microfibrillar components of the ECM. Collagen VI is found in a wide variety of extracellular matrices, including muscle, skin, tendon, cartilage, intervertebral discs, lens, internal organs, and blood vessels. Collagen VI consists of three products encoded by COL6A1, COL6A2, and COL6A3. One of each of the three α-chain subunits encoded by COL6A1, COL6A2, and COL6A3 combine to form the collagen VI monomer. Within the cells, these monomers associate to form dimers, which pair up into tetramers. These tetramers are then secreted into the ECM, where they assemble to form the microfibrillar structures (Bonnemann, 2011). Collagen VI microfibrils interact with collagen I, collagen IV, and with a variety of proteoglycans such as biglycan and decorin (Voermans et al., 2008). Collagen VI occurs in both the basal lamina and the reticular lamina of muscle, and therefore is an important component of endomysium and perimysium of skeletal muscle. The functional significance of collagen VI in skeletal muscle is evident as mutations in collagen VI genes cause Ullrich congenital muscular dystrophy (UCMD) and Bethlem myopathy (Bonnemann, 2011). Disease symptoms are typically more severe in UCMD than in Bethlem myopathy. UCMD patients show progressive loss of individual muscle fibers and muscle mass, and proliferation of connective and adipose tissue. The precise mechanisms leading to reduced fiber size are currently unknown. One of the unique features of collagen VI is its regulated expression. It has been demonstrated that collagen VI is largely generated by interstitial mesenchymal cells but not by myogenic cells (Zou et al., 2008). An enhancer region of the Col6a1 gene that is required for activation of transcription in interstitial mesenchymal cells associated skeletal muscle was identified (Braghetta et al., 2008). Using reporter mice that carry this enhancer region, the expression Col6a1 in interstitial mesenchymal cells but not in myogenic cells was confirmed. Interestingly, it has been demonstrated that the expression of Col6a1 in mesenchymal cells associated with skeletal muscle is a consequence of an inductive process whereby myogenic cells activate a specific enhancer region in mesenchymal cells by releasing a diffusible factor; in addition, only mesenchymal cells from skeletal muscle can respond to this inductive signal (Braghetta et al., 2008). Although detailed characterization of collagen VI-producing cells has not been done, their interstitial localization and mesenchymal nature suggest that these cells are closely related to mesenchymal progenitors. Thus, it is highly possible that mesenchymal progenitors play a key role in supporting muscle fibers by producing collagen VI under the inductive cue from muscle cells. Recent study extended the importance of collagen VI by demonstrating that collagen VI also works as a key component of the satellite cell niche (Urciuolo et al., 2013).

The roles for mesenchymal progenitors in the maintenance of muscle fibers have been directly demonstrated by ablating fibroblast activation protein-α (FAP)-expressing stromal cells (Roberts et al., 2013). FAP is the type II membrane dipeptidylpeptidase, and its expression has been reported to associate with fibroblasts in the tumor stroma (Garin-Chesa et al., 1990). Note that FAP differs from FAPs, fibro/adipogenic progenitors, described earlier. FAP+ stromal fibroblasts suppress the immune response to tumors, and elimination of FAP+ fibroblasts from tumor stroma unmasks the immune response to cancer and allows the immune system to attack tumors (Kraman et al., 2010). Therefore, targeting FAP+ stromal cells may be a promising strategy to combat cancer. However, a contraindication to any potential cancer therapy that indiscriminately depletes FAP+ cells might be their presence in normal tissues. To investigate the occurrence and function of FAP+ stromal cells in normal tissues, Roberts et al. generated transgenic mice that permit both the bioluminescent imaging of FAP+ cells and their conditional ablation (Roberts et al., 2013). Using this mouse line, FAP+ cells were found to reside in almost all tissues of the adult mouse. Surprisingly, ablation of FAP+ cells caused significant loss of muscle mass and hypocellularity of the bone marrow, revealing their essential functions in maintaining normal muscle mass and hematopoiesis, respectively. The loss of skeletal muscle mass was attributed to the atrophy of myofibers, and was accompanied by a persistent decrease in follistatin (Fst) and laminin α2 expression and a transient increase in atrogin-1 and MuRF1 mRNA levels. Fst is an inhibitor of myostatin (Mstn), a negative regulator of muscle mass (McPherron et al., 1997). Systemic overexpression of Mstn was reported to induce cachexia (Zimmers et al., 2002), and conversely, Fst overexpression led to dramatic increase in muscle mass (Lee and McPherron, 2001). Fst has been shown to inhibit other TGF-β family members in addition to myostatin to regulate muscle size (Lee, 2007; Lee et al., 2010). Laminin α2 is a component of muscle basal lamina and mutations in the laminin α2 gene cause congenital muscular dystrophy, in which impaired anchoring of myofibers in the ECM results in impaired membrane stability and massive muscle fiber degeneration during early infancy (Hayashi et al., 2001). Laminin α2 deficiency was also reported to induce the upregulation of key ubiquitin ligases atrogin-1 and MuRF1 (Carmignac et al., 2011). Gene expression analysis of sorted cells confirmed that FAP+ stromal cells are the major source of both Fst and laminin α2 in skeletal muscle (Roberts et al., 2013). Therefore, the ablation of FAP+ stromal cells was directly responsible for the decrease in the expression of Fst and laminin α2 in muscle, which can be considered to be the basis of the loss of muscle mass and the increase of atrogin-1 and MuRF1. Intriguingly, FAP+ stromal cells in muscle uniformly express PDGFRα, Sca-1 and CD90 (Roberts et al., 2013), which are shared cell surface markers with mesenchymal progenitors (Uezumi et al., 2010), and both cells are localized to the interstitial spaces of muscle tissue (Uezumi et al., 2010; Roberts et al., 2013). Thus, FAP+ stromal cells appear nearly identical to mesenchymal progenitors. A further important finding was that these cells undergo considerable alterations in a cachectic condition (Roberts et al., 2013). Under a cachectic condition, the FAP-dependent bioluminescence in skeletal muscle was significantly reduced, and the downregulation of Fst and laminin α2 and the upregulation of atrogin-1 and MuRF1 again accompanied dramatic loss of muscle mass. Decreased FAP-dependent bioluminescence suggests that mesenchymal progenitors decreased in number or mesenchymal progenitors lost the expression of FAP in cachectic muscle. The latter should be the case because PDGFRα+Sca-1+ cells were shown to increase in number in cachectic muscle (He et al., 2013). Collectively, mesenchymal progenitors can play vital roles in the maintenance of muscle fibers by producing trophic factors such as collagen VI, Fst, and laminin α2 in a steady physiological condition (Figure 1), and their support functions can be severely deteriorated in cancer cachexia.

LESSONS FROM BONE MARROW

Mesenchymal stem cells (MSCs) or mesenchymal progenitors were initially identified in bone marrow. Due to the ease of their isolation and their extensive proliferation and differentiation potentials, bone marrow MSCs have been expected as a source of cells for potential use in cell-based therapy and are being introduced into a clinical setting (Abdallah and Kassem, 2008). Nevertheless, the actual identity of bone marrow MSCs remains largely unknown.

Several recent studies documented in vivo functions of MSCs for constructing the niche of hematopoietic stem cells (HSCs). Although several cell types in bone marrow are suggested to play a role in forming the HSC niche (Frenette et al., 2013), we focus on MSCs in this article. MSCs were reported to support hematopoiesis and colocalize with HSCs throughout ontogeny (Mendes et al., 2005). In adult bone marrow, the expression of intermediate filament nestin has been shown to identify MSCs in close contact with the vasculature and HSCs (Mendez-Ferrer et al., 2010). Perivascular nestin+ MSCs highly express HSC maintenance genes such as Cxcl12, Scf, and Angpt1, and ablation of nestin+ MSCs rapidly reduces the concentration of HSCs in the bone marrow. A chemokine Cxcl12 plays a crucial role in maintaining HSC function and Stem cell factor (Scf), a c-kit ligand, is required to sustain hematopoiesis. Cxcl12 is produced mainly by reticular cells scattered throughout the bone marrow, and these reticular cells were termed Cxcl12-abundant reticular (CAR) cells (Sugiyama et al., 2006). Using genetically engineered mice in which a transgene encoding the diphtheria toxin receptor-GFP fusion protein is knocked into the Cxcl12 locus, CAR cells were shown to be required for proliferation of HSCs and lymphoid and erythroid progenitors, as well as maintenance of HSCs in an undifferentiated state (Omatsu et al., 2010). CAR cells were also shown to produce most of the Scf and Cxcl12 in the bone marrow. Interestingly, CAR cells possess the potential to differentiate into adipocytes and osteoblasts (Omatsu et al., 2010), indicating that cells with MSC activity possess HSC niche activity. FAP is expressed in multipotent bone marrow stromal cells that express PDGFRα, Sca-1, Cxcl12, and Scf (Roberts et al., 2013; Tran et al., 2013). Elimination of FAP+ cells has been shown to induce severe bone marrow hypocellularity (Roberts et al., 2013; Tran et al., 2013). FAP+ cell-depleted mice showed anemia and suppressed B-lymphopoiesis and erythropoiesis although HSC frequency was not changed in these mice (Roberts et al., 2013). Leptin receptor (Lepr)–expressing perivascular stromal cells were shown to be one of the major sources of Scf and required to maintain HSCs (Ding et al., 2012). However, MSC activity of Lepr+ cells was not examined. The Cxcl12 gene was knocked out conditionally using several Cre lines to clarify the importance of Cxcl12 expression in several different candidate niche cells (Greenbaum et al., 2013). As a consequence, it was demonstrated that HSCs and common lymphoid progenitors are maintained by Cxcl12 produced from Prx1-Cre-targeted cells. The paired-related homeobox gene-1 (Prx1) is expressed in the early limb bud mesenchyme and Prx1-Cre targets all mesenchymal cells in the limb bud (Logan et al., 2002). As in muscle, MSCs are enriched in PDGFRα+Sca-1+ cells in bone marrow (Morikawa et al., 2009). Importantly, only Prx1-targeted PDGFRα+Sca-1+ cells exhibited colony-forming unit-fibroblast activity and showed osteogenic and adipogenic differentiation, indicating that this subset is a highly enriched population of MSCs. Maintenance of committed B cell precursors is dependent on Cxcl12 from CAR cells and/or osteoblasts, and retention of hematopoietic progenitor cells in the bone marrow is dependent on Cxcl12 from CAR cells. These results showed the complexity of the niche microenvironment in the bone marrow and suggest that distinct stromal niche cells regulate specific hematopoietic stem/progenitor populations. Naveiras et al. reported an interesting finding. They showed that adipocyte-rich vertebrae of the mouse tail have reduced HSC frequency compared with adipocyte-free vertebrae of the thorax (Naveiras et al., 2009). Tail vertebrae of lipodystrophic mice showed normal HSC frequency, indicating that adipocytes act as negative regulators of the hematopoietic microenvironment. Because MSCs can produce adipocytes, this finding suggests the notion that their aberrant differentiation can negatively affect homeostasis of parenchymal cells. Among secretory proteins from adipocytes, adiponectin has been demonstrated to suppress the growth of myelomonocytic progenitors and the functions of macrophages (Yokota et al., 2000). Pinho et al. extended these findings to humans (Pinho et al., 2013). PDGFRα+CD51+ cells in human bone marrow represent a cell population enriched for MSCs and capable of expanding human hematopoietic stem and progenitor cells. These lines of evidence suggest that the intrinsic function of MSCs in bone marrow is to act as a niche for HSCs.

CONCLUDING REMARKS

Mesenchymal stem/progenitor cells are reported to exist in almost all organs of both mice and humans (Da Silva Meirelles et al., 2006; Crisan et al., 2008). Although in vitro multipotency toward adipogenic, osteogenic, and chondrogenic lineages is a hallmark of MSCs, there is no evidence that fat, bone, or cartilage are continuously generated in most organs where MSCs reside. Therefore, it seems unlikely that differentiating into a certain lineage is an intrinsic in vivo function of MSCs. Instead, it is tempting to speculate that these cells exert support functions for parenchymal cells of the tissue where they reside, as reviewed in this paper. Their differentiation might be undesired in most cases because adipogenic differentiation has a negative impact on hematopoiesis in bone marrow (Naveiras et al., 2009). Interestingly, pancreas-derived mesenchymal cells have a greater ability to support ES cell-derived pancreatic progenitors than the mesenchymal cells derived from other organs (Sneddon et al., 2012). Thus, mesenchymal stem/progenitor cells in certain tissues might be specialized to suitably sustain the parenchyma of that tissue. Because specific expression of collagen VI in muscle mesenchymal cells requires induction cues from myogenic cells (Braghetta et al., 2008), such a specialization might be reciprocally conducted by parenchymal cells. Exploring the detailed mechanism of parenchymal-mesenchymal interactions is an important task in a future study.
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Skeletal muscle repair is essential for effective remodeling, tissue maintenance, and initiation of beneficial adaptations post-eccentric exercise. A series of well characterized events, such as recruitment of immune cells and activation of satellite cells, constitute the basis for muscle regeneration. However, details regarding the fine-tuned regulation of this process in response to different types of injury are open for investigation. Muscle-resident non-myogenic, non-satellite stem cells expressing conventional mesenchymal stem cell (MSC) markers, have the potential to significantly contribute to regeneration given the role for bone marrow-derived MSCs in whole body tissue repair in response to injury and disease. The purpose of this mini-review is to highlight a regulatory role for Pnon-satellite stem cells in the process of skeletal muscle healing post-eccentric exercise. The non-myogenic, non-satellite stem cell fraction will be defined, its role in tissue repair will be briefly reviewed, and recent studies demonstrating a contribution to eccentric exercise-induced regeneration will be presented.
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MUSCLE INJURY AND REPAIR POST-EXERCISE

Human movement is largely voluntary, requiring the conscious activation of the appropriate number of motor neurons necessary for muscle contraction. Shortening of the individual sarcomeres within skeletal muscle, also known as concentric contractions, are necessary for the transfer of force from muscle to the body's lever system. When the load placed on muscle is greater than the tension that can be created within the sarcomere, the muscle will initially resist lengthening by increasing the bond strength within the actin-myosin cross-bridge, but eventually surrender to movement, resulting in an eccentric contraction. Eccentric contractions are present predominantly during participation in planned resistance exercise; however, they also commonly occur during activities of daily living such as lifting and lowering heavy items or walking downstairs. While repeated shortening of muscle can induce long-term adaptations that allow for increased endurance and fatigue resistance, exercise that continually engages the muscle in an eccentric manner can increase sarcomere myofibrillar content, sarcomere number, and ultimately increase the muscle's ability to generate force. Thus, delineating the early events that occur with an acute bout of exercise that contribute to such beneficial adaptations can be informative in designing therapeutic interventions to improve the rate and efficiency of skeletal muscle healing following injury.

Eccentric contractions result in ultrastructural damage in both animal models and humans, with the degree of damage (mild, moderate, severe) dependent on several factors, including the method of stimulation (downhill running vs. electrical stimulation), the specific muscle used for evaluation, the indice of damage (direct vs. indirect markers), and the time course for observation (Friden et al., 1983; Newham et al., 1983; McCully and Faulkner, 1985; Smith et al., 1997; Lovering and Brooks, 2013). Muscle injury can initiate a repair process that is necessary for maintenance of tissue structure and preservation of function (Sambasivan et al., 2011). Information regarding the mechanistic basis for muscle repair following injury is predominantly obtained from studies which utilize barium chloride (BaCl2), cardiotoxin (CTX), notexin, bupivacaine and cryolesion as means of ablating muscle tissue in rodents. Whether the events that ensue following this extreme approach to studying muscle damage reflect the precise adaptations that occur post-exercise has not been established. Despite this limitation, the accepted model for muscle regeneration in response to injury includes an extended inflammatory response, including activation of resident macrophages, immediate recruitment of neutrophils (1–2 h), macrophage infiltration (12–24 h), M1 (proinflammatory, phagocytic) to M2 (anti-inflammatory) macrophage polarization (24–48 h), and proliferation and activation of the primary progenitor cell in muscle, the satellite cell (1–8 days). For a more extensive review regarding a role for the immune system in repair and commentary regarding a role for inflammation in the regenerative response to exercise, refer to Saclier et al. (2013). In addition, Murphy et al. (2011) provides an interesting perspective regarding a role for fibroblasts in the regulation of satellite cell proliferation and differentiation.

Satellite cells, Pax7+ progenitor cells located in the niche between the sarcolemma and the basal lamina, become activated (expressing myogenic regulatory factors Myf5 and MyoD), transiently proliferate and upregulate genes necessary for terminal differentiation (myogenin and MRF4) in response to injury (Charge and Rudnicki, 2004), including exercise-induced injury (Armand et al., 2003; Kadi et al., 2005; Cermak et al., 2013). The developing myoblast can fuse with a fiber, allowing for routine maintenance of myonuclei, or replace myonuclei lost due to sporadic injury or immobilization (Charge and Rudnicki, 2004). The recent development of sophisticated genetic tools to temporally eliminate the Pax7+ cell population in adult muscle corroborate previous evidence that satellite cells are essential for muscle regeneration following both chemical and exercise/load-induced muscle injury (McCarthy et al., 2011; Murphy et al., 2011; Sambasivan et al., 2011; Relaix and Zammit, 2012). While diphtheria toxin A–mediated cell elimination models do have limitations, these studies provide evidence that direct contribution of other cells residing in the interstitium or cells recruited from a distal source such as bone marrow is minimal. Thus, current studies focus on understanding the cues within the microenvironment that influence satellite cell renewal and differentiation, including the composition and milieu secreted by both inflammatory and non-inflammatory cells.

MESENCHYMAL STEM CELLS CONTRIBUTE TO THE REPAIR OF MULTIPLE TISSUES

Mesenchymal stem/stromal cells (MSCs), first discovered in 1968 by Friedenstein et al. (1968), are a multipotent cell population located in a number of tissues throughout the body. Their identity as a stem cell, determined by their self-renewal capacity, is still controversial; therefore, the term mesenchymal stem cell is reserved for those cells that have demonstrated this capacity while all other MSC populations are termed mesenchymal stromal cells (Keating, 2006). MSCs are generally defined functionally as no single cellular marker is available for isolation of a pure MSC population. According to the International Society for Cellular Therapy, human MSCs are spindle-shaped, plastic adherent, positive for the cell surface markers CD105, CD73, CD90, negative for the cell surface markers CD45, CD34, CD14, or CD11b, CD79 or CD19, and HLA-DR, and are multipotent in that they can be induced to differentiate along the osteogenic, adipogenic and chondrogenic lineages (Dominici et al., 2006). Their multipotency initially led to great excitement for the use of MSC in cell therapy. This excitement was burgeoned when it was discovered that MSC are immunoprivileged and do not elicit an immune response in their new host suggesting that cell therapy using MSC could be safe and viable (Keating, 2006). Indeed, using pre-clinical models, MSC therapy has been demonstrated to enhance wound healing (Dantzer et al., 2003), accelerate regeneration following spinal cord injury (Mansilla et al., 2005), and increase heart repair following myocardial infarction (Ranganath et al., 2012), among others.

Although it was initially hypothesized that enhanced regeneration provided by MSC therapy was due to replacement of lost or damaged cells by MSC differentiation, current studies highlight MSC stromal support as a primary mechanism for regeneration (Ranganath et al., 2012). Indeed MSCs have been demonstrated to synthesize and release factors including, but not limited to, vascular endothelial growth factor (VEGF), fibroblast growth factor-2 (FGF-2), hepatocyte growth factor (HGF) and insulin-like growth factor-1 (IGF-1) (Gnecchi et al., 2006). The prevailing hypothesis is that MSCs release these paracrine factors locally, or systemically, in response to unidentified factors released by the injured microenvironment and that these events are necessary to efficiently promote tissue regeneration.

NON-SATELLITE STEM CELLS EXPRESS MSC MARKERS AND ENHANCE SKELETAL MUSCLE REPAIR

Side population (SP) cells, mesenchymal progenitors, pericytes, muscle-derived stem cells, fibro/adipogenic progenitors (FAPs), and interstitial stem cells (PW1+) provide the nomenclature for Pax7 negative, multipotent mononuclear cells residing in muscle (Qu-Petersen et al., 2002; Motohashi et al., 2008; Joe et al., 2010; Mitchell et al., 2010; Uezumi et al., 2010; Doyle et al., 2011; Valero et al., 2012; Wosczyna et al., 2012). Despite the fact that the majority of these cell types express MSC markers and exhibit multi-lineage potential, investigators are hesitant to designate them as MSCs. This is partly due to the strict guidelines necessary to confirm MSC status and lack of consensus regarding the precise markers used for identification. Whether the non-satellite stem cell fraction in muscle represent slightly modified versions of a primary mesodermal stem cell or whether these cells are unique descendants with distinct phenotypes is not known. Regardless, one trait that underlies all non-satellite stem cells in muscle is their ability to expand within the interstitium in response to muscle fiber injury. Here we evaluate the contribution of non-satellite stem cells to repair post-injury, presenting only studies that have established a role for non-myogenic, non-satellite stem cells in repair following chemical injury.

SIDE POPULATION (SP) CELLS

SP cells, first identified in the bone marrow based on Hoechst 33342 dye exclusion, were reported to be present in muscle and contribute to both muscle and vascular regeneration following injury (Gussoni et al., 1999; Asakura et al., 2002; Majka et al., 2003). While the majority of muscle SP cells were identified as CD31+ endothelial cells, a fraction of muscle-derived SP cells negative for CD31 (CD31−CD45−) were found to proliferate and contribute to new fiber formation in response to CTX injection (Uezumi et al., 2006). CD31−CD45− SP cells extracted from regenerating muscle not only expressed several mesodermal-mesenchymal genes post-injury, such as platelet-derived growth factor receptor α (PDGFRα), but also demonstrated the unique capacity to spontaneously differentiate into adipocytes or form osteogenic cells in the presence of osteogenic media in vitro. In addition, CD31−CD45− SP cells retrieved from injured muscle expressed angiogenic factors [e.g., angiopoietin-1 (ang-1) and VEGF] and tumor growth factor beta (TGF-β) antagonists (e.g., follistatin). Thus, the importance of this study was the identification of a sub-fraction of SP cells that could act as tissue-resident MSCs and directly and indirectly contribute to muscle repair post-injury.

Despite the suggestion that CD31−CD45− SP cells could directly contribute to new fiber synthesis post-injury, such potential was subsequently found to be limited. Motohashi and colleagues determined that CD31−CD45− SP cells do not readily become muscle, but rather enhance transplantation and proliferation of exogenously injected myoblasts and increase growth of myoblast-engrafted fibers following CTX injection (Motohashi et al., 2008). Further gene expression profiling suggested that SP cells synthesize a wide variety of paracrine factors, including numerous factors known to promote muscle repair. Specifically, metalloproteinase-2 (MMP-2) was highlighted as one factor that could be released and promote myoblast migration following injury.

Doyle and colleagues recently evaluated SP cell fate using an inducible reporter for abcg2 (Abcg2CreERT2 × Rosa26-LacZ mice) (Doyle et al., 2011). LacZ+ cells accumulated in the interstitium of muscle, minimally fused with pre-existing fibers, and gave rise to a variety of cell types, including cells expressing stem cell antigen-1 (Sca-1) and the pericyte marker, PDGFRβ. Mice deficient in the expression of abcg2, thus lacking SP cells, displayed impaired regeneration following CTX injection.

Altogether, these studies suggest that SP cells, predominantly those that express PDGFRα and β and are negative for CD31 or CD45, are mesenchymal-like stem cells and/or pericytes which indirectly contribute to repair post-injury.

PDGFRα+ PROGENITORS (MESENCHYMAL PROGENITORS, FAPS, PICS)

Muscle-derived CD31−CD45− non-satellite stem cells strongly express PDGFRα and vimentin, markers associated with undifferentiated MSCs (Uezumi et al., 2010). In a follow up study to their 2006 publication, Uezumi and colleagues isolated CD31−CD45−cells positive for PDGFRα+ from muscle and evaluated their capacity to differentiate into muscle in vitro and in vivo. CD31−CD45−PDGFRα+ cells did not demonstrate the capacity to become myogenic, but rather the majority (over 90%) acquired an adipogenic fate in culture. CD31−CD45−PDGFRα+ cells derived from GFP transgenic mice were traced and similarly became adipogenic following injection into muscles of WT mice exposed to glycerol; however, the same response did not occur following CTX injection. While CD31−CD45−PDGFRα+ cells rapidly expanded and did not differentiate into adipocytes following CTX injection, the role for these cells in muscle repair was not examined in this study.

The identification of a lin−α7 integrin−Sca-1+PDGFRα+ stem cell in muscle with adipogenic and fibrogenic potential in culture was similarly described and denoted fibro/adipogenic progenitors, or FAPs (Joe et al., 2010). Consistent with the Uezumi et al., 2010 study, FAPs significantly differentiated into adipocytes following glycerol injection, but this conversion did not occur in response to notexin. With notexin-mediated injury, FAPs did not undergo myogenesis or fuse with differentiating myogenic cells, yet were highly proliferative, localized to blood vessels and damaged myofibers, and secreted high levels of paracrine factor [IGF-1, interleukin-6 (IL-6), Wnt1, Wnt3A, Wnt5A]. FAP paracrine factor secretion may impact muscle repair, as FAPs markedly increased myoblast commitment to terminal differentiation as demonstrated in culture.

PW1+ interstitial cells (PICs) derived from muscle also express a broad range of genes common to MSCs and demonstrate multi-lineage potential (Pannerec et al., 2013). The extent to which PICs represent FAPs is not known, but substantial overlap in cell surface expression and function has been demonstrated in a subset of PICs expressing PDGFRα (Pannerec et al., 2013). The potential for PW1+PDGFRα+ cells to secrete pro-myogenic factors and repair tissue in response to unique stimuli has not been determined, but likely given the role for PW1 in the cellular response to stressors (Relaix et al., 1998).

Overall, the results from these studies suggest that muscle-resident PDGFRα+ mesenchymal progenitors may positively and indirectly contribute to regeneration, but such potential is regulated by both intrinsic and extrinsic factors. Determination of the predominant regulators of stem cell fate will be essential for capitalizing on FAP regenerative capacity, including the contribution to new fiber synthesis, the composition of the extracellular matrix and the immune system. One example is the demonstration that IL-4/IL-13 signaling can significantly inhibit FAP adipogenic conversion post-injury (Heredia et al., 2013).

PERICYTES

Pericytes are characterized by their distinct morphology, localization within the basement membrane of vessels, and expression of a unique panel of cell surface markers (NG2, CD146, PDGFRβ) (Crisan et al., 2008). Investigators have begun to delineate two fractions of NG2+ pericytes in muscle: type-1 characterized by negative expression for nestin and positive expression for PDGFRα (PDGFRβ +CD146+Sca-1+CD34+Pax7−) and type-2 characterized by positive expression for nestin and negative expression for PDGFRα (PDGFRβ+CD146+Sca-1−CD34−Pax7−) (Birbrair et al., 2013). While both types are able to proliferate in response to glycerol or BaCl2-induced injury, type-1 pericytes give rise to adipogenic cells only in response to glycerol injection and type-2 become myogenic in response to both types of injury. The extent to which type-1 pericytes represent the mesenchymal progenitor or FAPs described, is not known (Joe et al., 2010; Uezumi et al., 2010). Regardless, both type-1 pericytes and FAPs have the potential to indirectly enhance myogenic progenitor differentiation (Joe et al., 2010; Birbrair et al., 2013).

It is now accepted that muscle-resident non-myogenic, non-satellite stem cells, potentially MSC descendants, accumulate in the interstitium following injury and their ability to fully contribute to repair is dependent on internal and external cues. From a muscle rehabilitation perspective, it would be interesting to determine whether these cells expand in muscle in response to exercise (resistance training, endurance exercise) or physical therapy and understand if the mechanisms that underlie their contribution to healing are the same as those that occur in response to chemical injury.

NON-SATELLITE STEM CELLS CONTRIBUTE TO REGENERATION POST-EXERCISE

The α7β1 integrin is a transmembrane heterodimeric protein that can link laminin in the extracellular matrix to the myoblast and myotube cytoskeleton for the purposes of cellular signaling, migration and adhesion (Crawley et al., 1997). We have previously demonstrated that a single 30 min bout of eccentric exercise can result in injury and upregulate transcription and protein expression of the α7 integrin subunit at 24 h post-exercise (Boppart et al., 2006, 2008). We subsequently determined that transgenic expression of the α7 integrin under a muscle-specific promoter (MCK:α7B integrin; α7Tg) can prevent eccentric exercise-associated damage and macrophage infiltration, while paradoxically stimulating a rapid increase in satellite cell number and new fiber synthesis (Lueders et al., 2011).

The identification of non-satellite stem cells in skeletal muscle with regenerative potential persuaded us to evaluate the presence of these cells in both wild type (WT) and transgenic mice post-eccentric exercise (Valero et al., 2012). Given the fact that Sca-1 is commonly expressed by mesenchymal progenitors, including those described above, positive selection for Sca-1 and negative selection for CD45 was chosen in an effort to maximally retrieve all potential non-myogenic, non-satellite stem cells following an acute bout of exercise. The percentage of Sca-1+CD45− cells was increased 2-fold (4.3% at rest to 9.4% post-exercise) in WT muscle 24 h post-exercise and the total percentage was further enhanced with overexpression of the α7 integrin (8.7% at rest to 16.2%). The accumulation of Sca-1+CD45− cells in muscle was dependent on the presence of the integrin or muscle integrity since this fraction was minimally present in α7 integrin null mice (Valero et al., 2012). Sca-1+CD45− cells isolated from α7Tg muscle post-exercise were confirmed negative for Pax7 and were characterized by high level expression (>50%) for pericyte markers (NG2, CD146, PDGFRβ) and low expression (<1%) for endothelial markers (CD31, CD34). In addition, multi-lineage potential was established. Since these cells met the criteria for MSCs, including morphology, expression of MSC markers, and multi-lineage potential, they were designated muscle-derived MSCs, or mMSCs to distinguish them from MSCs derived from other tissue types, including bone marrow and adipose.

While mMSCs in our hands did not directly give rise to newly established fibers or vessels, they indirectly contributed to satellite cell expansion, new fiber synthesis, and vascular growth when transplanted into pre-exercised host limbs (Valero et al., 2012; Huntsman et al., 2013). We consistently find that mMSCs can only support regeneration when transplanted into muscle previously injured (1 h prior) by eccentric exercise. Thus, we speculate that mMSCs represent mesenchymal progenitors, FAPs, PW1+ and/or type-1 pericytes previously described (Joe et al., 2010; Birbrair et al., 2013) and provide a stromal role in tissue repair post-exercise (Valero et al., 2012).

We recently have established that mMSCs secrete a wide variety of beneficial growth factors and anti-inflammatory cytokines, including IGF-1, IL-6, VEGF, HGF, and epidermal growth factor (EGF) upon extraction from exercised muscle and the release of protein is additionally enhanced by application of mechanical strain in the absence of other cell types in vitro (Huntsman et al., 2013). These observations suggest that non-chemical cues, including strain and stiffness, dictate endogenous non-satellite stem cell fate and stromal release in response to exercise. The extent to which treatment of isolated non-myogenic, non-satellite stem cells with mechanical strain can alter the secretory milieu and improve engraftment upon injection into a fibrotic or less accommodating environment is a timely and worthwhile area of investigation.

We are only aware of one other study that has examined the non-satellite stem cell response to exercise. Hyldahl and colleagues reported the presence of mononuclear cells expressing pericyte markers [NG2 and alkaline phosphatase (AP)] in the interstitium of human skeletal muscle (Hyldahl et al., 2011) 3 h following a single bout of eccentric exercise. Although the number of cells remained unaltered at this early time point, NF-kB activity was significantly increased in NG2+ and ALP+ mononuclear cells. The significance of this event is not known, but likely reflects a role in differentiation or paracrine factor secretion.

Information regarding the non-myogenic, non-satellite stem cell response to eccentric exercise is limited. The probability that that these cells are resistant to adipogenesis and/or fibrogenesis in a young, non-diseased individual post-exercise is high given the ability for eccentric exercise to elicit a rapid and effective repair process and mount an adaptive response which includes protection from further mechanical damage (repeat bout effect), maintenance of muscle mass, and enhanced force capacity (Figure 1). We predict that the unique mechanical and/or chemical cues provided by exercise alter the gene expression profile of the non-myogenic, non-satellite stem cell fraction in skeletal muscle such that the secretome can optimally support tissue function. Further studies are necessary to fully reveal the non-satellite stem cell response to exercise and this information will be important in the discovery of strategies to accelerate repair of damaged muscle and combat muscle loss with disease and age.


[image: image]

FIGURE 1. Non-satellite stem cells regulate skeletal muscle repair following eccentric exercise. Ultrastructural damage caused by eccentric exercise stimulates the expansion on non-satellite stem cells in skeletal muscle. Non-satellite stem cells synthesize and release a variety of growth factors and anti-inflammatory cytokines that positively regulate satellite cell proliferation and differentiation. Finally, developing myoblasts fuse with damaged fibers or fuse with other myoblasts to enhance new fiber synthesis. The regulation of non-satellite stem cell function by factors unique to different types of injury and conditions (age, disease) is a current area of investigation.
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Condition/model Skeletal muscle phenotype References

Hsp70 transgenic mice 10-12 months adult mice Decreased body and muscle mass McArdle et al., 2004
Aging Preservation of muscle specific force McArdle et al., 2004
Muscle damage/eccentric Decreased muscle damage, improved muscle functional MoArdle et al, 2004
contractions recovery (adult and old mice)

Muscle damage/cryolesioning  Decreased muscle damage, improved morphological recovery  Miyabara et al., 2006

Modified muscle use/cast-  Improved muscle structural and functional recovery Mivabara et al., 2012
immobilization and recovery

Muscular dystrophy/crossed  Improved muscle morphology and function Gehrig et al., 2012
with malx mice

Hsp70 plasmid Muscle Attenuation of disuse muscle fiber atrophy (adult and old rats)  Senf et a1, 2008; Dodd
electroporation atrophy/castimmobilization etal., 2009
Muscle damageffreeze injury  Increased CSA of regenerating muscle fibers Moresi et al., 2009
Hsp70 knockout mice 12-15 weeks adult mice Decreased muscle fiber CSA, decreased muscle specific force  Senf et al, 2013
Muscle damage/direct Delayed inflammatory response to injury, impaired muscle Senf et al,, 2013
cardiotoxin injection regeneration and recovery (smaller CSA of regenerating fibers,

sustained inflammation, fibrosis and calcium deposition)

Modified muscle Decreased muscle reloading damage, decreased size of Senf etal., 2013
use/castimmobilization and  regenerating fibers
recovery






OPS/images/fphys-04-00317/pg1-1.jpg





OPS/images/fphys-04-00310/pg1-1.jpg





OPS/images/fphys-04-00338/pg1-1.jpg





OPS/images/fphys-04-00330/pg1-1.jpg





OPS/images/fphys-04-00363/pg1-1.jpg





OPS/images/fphys-04-00356/pg1-1.jpg





OPS/images/fphys-04-00371/pg1-1.jpg





OPS/images/fphys-05-00069/fphys-05-00069-g001.gif
i

34F0  7F0 14dFO

1dro





OPS/images/fphys-05-00069/fphys-05-00069-g005.gif
MAFbx.






OPS/images/fphys-05-00069/fphys-05-00069-g004.gif





OPS/images/fphys-05-00069/fphys-05-00069-g003.gif





OPS/images/fphys-05-00069/fphys-05-00069-g002.gif





OPS/images/fphys-04-00356/fphys-04-00356-t001.jpg
Molecular pathways leading to atrophy

SMA

- increased expression of myogenin, MuRF1 and atrogin 1 in
SMA model mice and SMA human muscle samples
(Bricceno et al., 2012b)

TSA administration reduced the levels of atrogenes in SMA
model mice (Bricceno et al., 20120)

ALS

- increased levels of atrogin 1 but not MuRF1 in ALS
SOD16%3A model mice and ALS human samples (Léger
etal, 2006)

- decreased levels of AKT in ALS human samples (Léger
etal, 2006)
increased levels of FoxO3 and MuRF1 but not atrogin1 in
MLC/SOD1%%4 animals (Dobrowolny et al., 2005)

- increased levels of expression of autophagy genes in
MLC/SOD19%34 mice (Dobrowolny et al., 2008)
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SMA  ALS SBMA

Muscle Muscle atrophy v v v
physiology
Reduced strength v v v
Mitochondrial v
dysfunction
Atrogene expression v v
Sarcomere defects v
Development Reduced Prolferation ve
Fusion defects e oovr o
Aberrant expression of v v

proteins important for

muscle function

Change in satellite cell v *
number

Impaired postnatal v
growth

Cell death Increase in satellite cell ot
apoptosis
Increase in cell death L
pathway expression
Myofiber degeneration v

*Denotes defects that have been shown to be muscle intrinsic.
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Differentiation morphology  Cell type Caspase(s) References

Apoptosis-like Erythrocyte Caspase-2, -3,-9 Zermati et al,, 2001
Keratinocyte Caspase:3, -14 Weil et al,, 1999; Eckhart et al., 2000
Epithelial lens Caspase-3 Ishizaki et al., 1998
Megakaryocyte Caspase-3, -9 De Botton et al., 2002
Non-apoptosis-like Macrophage Caspase3, -8, -9 Sordet et al., 2002; Kang and Ben-Moshe, 2004
Skeletal myoblast Caspase-3, -9 Fernando and Kelly, 2002; Murray et al., 2008;
Larsen et al., 2010
Neuron Caspase-3, -1 Fernando et al., 2005; Vaisid et al., 2005
Glial cell Caspase-3 Oomman et al., 2006
Osteoblast Caspase-2, -3, 8 Mogi and Togari, 2003
Placental trophoblast Caspase-8 Black et al., 2004
Embryonic stem cell Caspase-3 Fujta et al., 2008
Hematopoietic stem cell  Caspase-3 Janzen et al., 2008
Spermatid Drice (Caspase-3), Dredd Arama et al., 2003, 2007; Huh et al., 2004; Kaplan
(Caspase-8), Dronc (Caspase-9) etal, 2010
Odontoblast Caspase-7 Matalova et al., 2013

Some programs follow a “frustrated apoptosis” phenotype, while others have a distinctly non-apoptotic-like morphology.
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Celltype  Caspase Form of compartmentalization

Platelet Caspase-3 During platelet formation, caspase
activity is localized in punctate bodies
within the cytoplasm (De Botton
etal, 2002)

Lens cell Caspase-3 Partial localization to equatorial
epithelium (Weber and Menko, 2005)

Spermatid  Drice (Caspase-3)  Localized within the cystic bulge of
the cytoplasm (Keplan et al., 2010)

Keratinocyte ~ Caspase-3 Probable localization in the nucleus
during enucleation (Okuyama et &l
2004)

Glia Caspase-3 Active caspase localized to the

nucleus (Oomman et al., 2005, 2006)
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Caspase

Caspase-1
Caspase-2
Caspase-3
Caspase-5
Caspase-6
Caspase-7
Caspase-8

Caspase-9
Caspase-10

Caspase-11
Caspase-12
Caspase-14
Caspase-15
Caspase-16

Caspase-17

Caspase-18

Conventional role

Inflammatory response (Kuranaga and Miura, 2007)
Apoptosis (Initiator) (Inoue et al., 2009)

Apoptosis (Executioner) (Kuranaga and Miura, 2007)
Inflammatory response (Fuchs and Steller, 2011)
Apoptosis (Initiator) (Inoue et al., 2009)

Apoptosis (Executioner) (Inoue et al., 2009)
Apoptosis (Executioner) (Fuchs and Steller, 2011)

Apoptosis (Initiator) (Cohen, 1997)
Apoptosis (Initiator) (Inoue et al., 2009)

Inflammatory response (Li et al., 2007)

Inflammatory response (Leulier et al., 2000)

Keratinocyte differentiation (Zermati et al., 2001)

Apoptosis (Initiator) (Eckhart et al., 2005)

Unknown, phylogenetic association with caspase-14
(Eckhart et al., 2008)

Unknown, phylogenetic association with caspase-3 (Eckhart
etal, 2008)

Unknown, phylogenetic association with caspase-8 (Eckhart
etal, 2008)

Other roles

Unknown
DNA damage response (Fava et al., 2012)

Differentiation of many cell types (see Table 2)

Possibly tumor suppression (Soung et al., 2008)

Unknown

Unknown

Embryonic development (Suzanne and Steller, 2013), motility (Helfer

et al., 2006), tumor metastasis (Barbero et al., 2009), T-cell proliferation
(Kennedy et al., 1999), cell cycle regulation (Zhang et al., 2001;
Hashimoto et al., 2011), bacterial infection response (Kayagaki et al.,
2011)

Differentiation of many cell types (see Table 2)

Immune response to dsRNA (Takahashi et al., 2006), possible tumor
suppressor (Park et al,, 2002)

Cell migration (Li et al., 2007)

Unknown

Unknown

Unknown

Unknown

Unknown

Unknown

The majority of caspases are primarily involved in programmed cell death, and the minority are primarily involved in the generation of immune responses. Most have
been discovered to play other roles as well.
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Age-related phenotype

Kiotho

Exercise

Gait function

Cardiovascular disease (CVD)

Positive association: gait dysfunction observed in K
mice; in humans, higher klotho levels are associated
with improved scores on tests of lower extremity
strength and functioning (Kuro-o et al., 1997; Crasto
etal, 2012)

Negative association: KI mice demonstrate
arteriosclerosis (Kuro-o et al., 1997). In humans, higher
klotho levels were associated with lower likelihood of
CVD (Semba et al., 2011)

Positive association: improved fitness is associated
with greater walking capacity (Peeters and Mets, 1996,
Newman et al., 2006; Simonsick et al., 2006)

Negative association: sedentary behavior is positively
associated with mortality and CVD (Matthews et al.,
2008; Warren et al., 2010; Chomistek et al., 2013)

Osteoporosis

Negative association: decreased Klotho levels are
associated with decreased bone mineral density of
hindlimb bones, primarily as a result of decreased
cortical bone thickness (Kuro-o et al., 1997)

Negative association: lower physical activity is
associated with decreased bone mineral density
{Martyn-St James and Carroll, 2009; Hamilton et al.,
2010)

Cognitive function

Angiogenesis

Positive association: K/ mice display impaired
novel-object recognition and associative memory
(Nagai et al., 2003; Kuang et al., 2014). Klotho levels
have been shown to be lower in those with Alzheimer's
disease (Semba et al., 2014)

Positive association: K mice demonstrate significantly
decreased skeletal muscle capillary density and
evidence of angiogenesis following an ischemic injury
(Fukino et al, 2002; Shimada et al., 2004)

Positive association: exercise promotes brain plasticity
and has been shown to halt, delay and/or reverse the
effects of aging on cognitive function (reviewed in
Foster etal., 2011)

Positive association: muscle loading results in a
significantly increased skeletal muscle capillary density
and the promotion of angiogenesis (Hoier et al., 2012)

Resistance to stress

Positive association: Klotho protects cells from
apoptosis induced by oxidative stress (Yamamoto et al,
2005)

Positive association: whereas acute stress may induce
oxidative stress and reactive oxygen species
accumulation, chronic training has been shown to
promote upregulation of antioxidants (Gomez-Cabrera
etal, 2008; Mangner et al,, 2013)

Tissue regeneration

Positive association: KI mice display increase Wnt
signaling, decreased stem cell numbers and an
impaired regenerative response (Liu et al., 2007)

Positive association: muscle loading enhances the
participation of stem cells in muscle regeneration
(Ambrosio et al,, 2010; Distefano et al., 2013). An acute
bout of exercise results in increased satellite cell
number (Dreyer et al., 2006; Kosek et al., 2006;
Cermak et al., 2012), while chronic, repeated bouts
mRNA expression of myogenic markers and reduces
mRNA expression for inhibitors of myogenesis (Carey.
2007; Costa et al., 2007). Endurance exercise increases
satellite cell content by 30-58% (Charifi et al, 2003;
Verney et al., 2008)
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Target molecule

Experimental procedure

Result*

References

Pax7
Hesr1 and Hesr3
Rbp-J

Rb

Notch3

Dicer

Smad3

Sprouty

PPARd

Ezh2

Null

Null

Conditional (Pax7-CreERT2)
Conditional (Pax7-CreERT2)
Null

Conditional (Pax7-CreERT2)
Null

Conditional (Pax7-CreERT2)
Conditional (Myf5-Cre)
Conditional (Pax7-Cre)

Decreased (60 days, 0-10%)
Decreased (20 weeks, <20%)
Decreased (44 days, 20%)
Increased (14 days, 152%)
Increased (4 months, 140%)
Decreased (14 days, 20%)
Decreased (50%)

Decreased (22 months, 50%)
Decreased (2-3 months, 60%)
Decreased (60 days, 60%)

Seale et al., 2000
Fukada et al., 2011

Bjornson et al,, 2012; Mourikis et al., 2012
Hosoyama et al., 2011

Kitamoto and Hanaoka, 2010

Cheung et al., 2012

Ge etal., 2011

Chakkalakal et al., 2012

Angione et al,, 2011

Juan etal., 2011

“Percentage shows the frequency of sateliite cell number compared to control mice. In the case of null mice, the period shows age of mice analyzed. In the case
of Pax7-CreERT2 mice, the period after last injection of tamoxifen is indicated.
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Comparison

Method
Isolation
Muscle

Microarray

Cultured myoblasts,
NON-myogenic cells

SM/C-2.6+CD45-
Limb muscles

MOE430A (Affymetrix)

1-week neonatal SC, mdx SC

Pax3-GFP
Diaphragm, pectoralis, and
abdorminal muscles
MOE430v2 (Affymetrix)

In vivo activated SC12,
48, Syndecan-d-null

Syndecan-3
Limb muscles

MOE430v2 (Affymetrix)

Quiescence genes®

Caler QSC>ASC (x74) QSC>ASC (x18) ND
Nap1l5 QSC>ASC (x62) QSC>ASC (9.9) ND
Odz4 QSC>ASC (x24) QSC>ASC (x1.96) ND
Pdedb QSC>ASC (x23) QSC>ASC (x5.77) QSC>ASC (x11.21)
Poftb QSC>ASC (x23) QSC>ASC (x2.79) ND
RhoH. QSC>ASC (x17) QSC>ASC (x3.9) ND
Cebpb QSC>ASC (x16) QSC>ASC (x3.19) ND
Maff QSC>ASC (x14) QSC>ASC (x3.19) ND
Quiescence genes**
Apoe QSC>ASC (x293) QSC>ASC (x23) ND
Dpt QSC>ASC (x199) QSC>ASC (x2.2) ND
Msdadd QSC>ASC (x144) QSC>ASC (x78) ND
Adni QSC>ASC (x55) QSC>ASC (x28) ND
Osmr QSC>ASC (x37) QSC>ASC (x26) ND
Fol2 QSC>ASC (x23) QSC>ASC (x42) ND
Timpd QSC>ASC (x12) QSC>ASC (x49) ND
Abr QSC>ASC (x8) QSC>ASC (x48) ND
Cell adhesion Chod, Evat, CD34, Aoc3, Tek, Itgb1, CD24, Sdcd, Cldn1, Evat, Sdcd, Pak1, Pedh1g,
Icami, Podhbo. Efs, Esam1, CD38, Esam1, Smoc2, lcam2, Coldat
Cdhs, Cldns, Nope, ltgbs, Emen, Cldns, Den, Fgl2
Cdh13, Sdcd, Den, Pedhdn
Notch QSC high (Notch3, HeyL) Qsc low QSC high (HeyL)
Anti-oxidative stress Cypdb1, Gstt1, Gstt3, Sod3, Sultial, Cypab1, Abcd1a, Ugt1, ND
Ugt1a2, Ahr, Cp, Gpx3, Cyp2d22, Fmo2, Ahr, Gstm1, Cyp26b1,
Cyp3al, Cyp27al Srxnt, Txnrd1, Cp, Gpx3
Transcripti Sox17, Meox2, Sox7, Sox18, Kfd, Sox17, Meox2, Sox7, Sox18, KIf7, ND
factors 9,15 Dach1, Prdm16

RNA-binding protein

Rnased, Zfp36, Zfp3611, Rnpc2,
Csdc2

Rnased, Ddxs, Sfrs3, Son, Zfp36,

Ddx58, Rbpms.

Cherp, Ddx5, Hnrnpc,
Sfrs3, Snrpb, Snrpe, Son,
Srrm1, U2af114, Zranb2,
Eifah, Hnrpdl, Poldip3,
Rpl22, Rps23, Rps9,
Khdrbs1, Rnaset2a,
Zfp36, Zfp3611, D58,
Mex3b, Qars, Rad21,
Rbm26, Rbpms

ND, Not described. *“Quisscence genes” of our analyses. These genes are highly expressed in quiescent satelite cells more than in non-myogenic cells i skeletal
muscle. **These genes are highly expressed in quiescent satelite cell, but not listed in our “quiescence genes” because non-myogenic cells also expressed these

genes.
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Positive markers
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References

SM/C-2.6

Integrin o7, Integrin
1, Cxcrd.

CcD34

CD31, CD45, Sca-1
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