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The mitochondrial carrier family (MCF) is a group of transport proteins that are mostly localized to the inner mitochondrial membrane where they facilitate the movement of various solutes across the membrane. Although these carriers represent potential targets for therapeutic application and are repeatedly associated with human disease, research on the MCF has not progressed commensurate to their physiologic and pathophysiologic importance. Many of the 53 MCF members in humans are orphans and lack known transport substrates. Even for the relatively well-studied members of this family, such as the ADP/ATP carrier and the uncoupling protein, there exist fundamental gaps in our understanding of their biological roles including a clear rationale for the existence of multiple isoforms. Here, we briefly review this important family of mitochondrial carriers, provide a few salient examples of their diverse metabolic roles and disease associations, and then focus on an emerging link between several distinct MCF members, including the ADP/ATP carrier, and cytochrome c oxidase biogenesis. As the ADP/ATP carrier is regarded as the paradigm of the entire MCF, its newly established role in regulating translation of the mitochondrial genome highlights that we still have a lot to learn about these metabolite transporters.
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THE SOLUTE CARRIER (SLC) FAMILY

Transport of substrates across biological membranes between and among organelles is an important feature of eukaryotic cells. The SLC family, the second largest family of membrane proteins, is a large group of membrane transport proteins; in humans, there are 456 known members that are grouped into 65 subfamilies (Höglund et al., 2011; Perland and Fredriksson, 2017). SLCs facilitate the movement of otherwise membrane-impermeable solutes—such as amino acids, ions, nucleotides, sugars and drugs—across biological membranes. The family includes functionally related proteins that mediate the transport and exchange of solutes across cell membranes. Transport can be facilitative by simply allowing solutes to equilibrate across a membrane according to their relative distribution on either side. Additionally, SLCs can mediate secondary active transport by coupling the downhill flow of one substrate, often an ion, to the uphill movement of another substrate against its relative gradient across a membrane. Primary active transporters, ion channels and aquaporins are not included in the SLC family. The criterion for membership in the SLC family is being an integral membrane protein that transports a solute. Not surprisingly, the SLC family is structurally quite diverse. However, within an individual sub-family, members often share more than 20% sequence homology (Hediger et al., 2004). Table 1 describes the current list of SLC family members based on http://slc.bioparadigms.org and provides references that review each subfamily. Families SLC53-65 are newly registered, and are based on a work presented at the BioMedical Transporters 2017 conference in Lausanne, Switzerland.

TABLE 1. Abridged list of current SLC familiesa.
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MITOCHONDRIAL CARRIER FAMILY (SLC25)

The Solute Carrier 25 (SLC25) family transports solutes across the inner mitochondrial membrane (IMM), although several members of this family are localized to other cellular organelles such as chloroplasts and peroxisomes (Visser et al., 2002; Bedhomme et al., 2005). The MCF is the largest SLC subfamily and all members are encoded by the nuclear genome. As such, they are synthesized by cytoplasmic ribosomes and need to be imported from the cytosol to their final location. 35 members have been identified in yeast, 58 members in Arabidopsis thaliana, and 53 members have been identified in humans. As summarized in Table 2 (Palmieri and Pierri, 2010), substrates for approximately one third of the MCF have yet to be identified. Tissue distribution can vary from ubiquitous [e.g., SLC25A6 (Stepien et al., 1992)] to tissue-specific [e.g., SLC25A31 (Dolce et al., 2005; Rodić et al., 2005)].

TABLE 2. Current list of MCF membersa.
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SLC25 members are generally characterized by the presence of a tripartite structure of approximately 300 amino acids, six conserved transmembrane regions, and the three-fold repeated MCF signature motif, P-X-[DE]-X-X-[RK] (Figure 1). Although their substrates vary in size and nature, most members catalyze the exchange of one solute for another (antiport), couple the transport of one solute with another (symport), or facilitate the transport of a solute (uniport). Because of their sequence similarity, it is assumed that the transport mechanism is similar for the extended family.


[image: image]

FIGURE 1. Schematic of the MCF tripartite structure. (A) The structure of members of the mitochondrial carrier family can be seen as three similar parts/domains with approximately 100 amino acids each. In each part, there are two alpha-helix transmembrane segments connected by a long matrix localized hydrophilic loop. The signature motif, PX(D/E)XX(K/R), indicated by purple cylinders, is at the C-terminus of the odd-numbered transmembrane helices. Both the NH2 and COOH termini are on the intermembrane space side of the mitochondrial inner membrane. (B) Structure of the yeast ADP/ATP carrier protein isoform 2 from protein data bank (entry 4C9G) is modified to show how the different domains are folded in a protein.



Physiology of MCF

Collectively, the MCF transports a wide range of solutes across the IMM. In this capacity, they act as important bridges that link many biochemical pathways that are otherwise compartmentalized in either the cytosol or the mitochondrial matrix (Palmieri, 2014). Solutes transported include protons, nucleotides, amino acids, carboxylic acids, inorganic ions, and cofactors. Their fundamental role in enabling metabolic compartmentalization cannot be overemphasized. SLC25 family members are involved in metabolic pathways such as heme synthesis and metal homeostasis (SLC25A28, SLC25A37, and SLC25A38), fatty acid metabolism (SLC23A1 and SLC25A20), amino acid metabolism (SLC25A12, SLC25A13, SLC25A18, and SLC25A22), nucleic acid metabolism (SLC25A26, SLC25A33, and SLC25A36), urea production (SLC25A2, SLC25A13, and SLC25A15) (Shayakul and Hediger, 2004; Shayakul et al., 2013; LeMoine and Walsh, 2015), OXPHOS (SLC25A3, SLC25A4, SLC25A5, SLC25A6, and SLC25A31) and heat generation (SLC25A7 and SLC25A9). As a thorough discussion of the entire SLC family is not the goal of this review, in the next four sections, the physiology of select SLC25 members is briefly discussed to illustrate the diversity of cellular functions in which its members participate.

The ADP/ATP Carrier Protein Is Essential for OXPHOS

Eukaryotic cells make energy in the form of ATP in the mitochondrial matrix and the ATP is translocated through the impermeable IMM to power many processes in the cell. The ADP/ATP carriers (AACs) provide the means of transport of ATP and its precursor ADP, across the IMM. Under physiological conditions, 1 molecule of ADP from the cytosol is exchanged for 1 molecule of matrix-localized ATP by the activity of the ADP/ATP carrier. AAC, referred to as ANT in humans, is a notable MCF member as it was the first to have its amino acid sequenced (Aquila et al., 1982) and its 3D structure solved (Pebay-Peyroula et al., 2003). Similar to all members of the MCF and regarded as a paradigm for this family, AACs are nuclear-encoded, integral membrane proteins with approximately 300 amino acids arranged into three repeats linked by two loops on the cytosolic side. There are two transmembrane α-helices in each repeat connected together by a long loop on the matrix side, giving the carrier a threefold pseudosymmetry (Palmieri, 2013).

One of the most abundant proteins in the IMM, Aacs are encoded by multiple different genes in both unicellular and multicellular eukaryotes. There are three yeast AAC isoforms and four human ANT isoforms. The human ANT isoforms overlap in their expression pattern but exhibit tissue-specificity. ANT1 (SLC25A4) is the most equivalent to yeast Aac2p and the predominant isoform in the heart and skeletal muscle (Stepien et al., 1992). ANT2 (SLC25A5) is mostly expressed in regenerative tissues such as the kidney and liver, ANT3 (SLC25A6) is ubiquitously expressed at low baseline levels, and ANT4 (SLC25A31) is selectively expressed in the testis (Stepien et al., 1992; Doerner et al., 1997; Dolce et al., 2005; Rodić et al., 2005; Kim et al., 2007; Dupont and Stepien, 2011). Aac2p is the most abundant of all three isoforms in yeast and the only one absolutely required for OXPHOS and growth on respiratory carbon sources (Lawson et al., 1990). Aac1p and Aac3p are minor isoforms in yeast that are undetectable at the protein level under normal growth conditions. Aac1p expression is repressed in hypoxic conditions (Gavurníková et al., 1996) and Aac3p expression is induced in anaerobic situations (Sabová et al., 1993).

Originally thought to consist of individual complexes in a functional chain, the advent of Blue-Native Polyacrylamide Gel-Electrophoresis (BN-PAGE) (Schägger and von Jagow, 1991), a gentle electrophoretic technique for the analysis of protein–protein interactions, facilitated the discovery that the respiratory complexes interact to form higher-order supramolecular assemblies of varying stoichiometry termed respiratory supercomplexes (RSCs) (Cruciat et al., 2000; Schägger and Pfeiffer, 2000; Acín-Pérez et al., 2008; Moreno-Lastres et al., 2012; Gu et al., 2016; Letts et al., 2016; Wu et al., 2016). In yeast which lack complex I, RSCs are composed of complexes III and IV whereas in mammals, RSCs consist of complexes I, III, and IV (Schägger and Pfeiffer, 2000). Thus, RSCs are an evolutionarily conserved organizing principle of the electron transport chain. Recently it was demonstrated that RSCs are functional entities (Barrientos and Ugalde, 2013; Lapuente-Brun et al., 2013) whose structures have since provided novel insight into the potential benefits that they may confer (Schäfer et al., 2007; Althoff et al., 2011; Dudkina et al., 2011; Genova and Lenaz, 2014; Gu et al., 2016; Letts et al., 2016; Wu et al., 2016). Functional benefits of RSCs that have been suggested but not yet proven include: improved electron transfer efficiency and reduced ROS generation, each stemming from a substrate channeling based mechanism; increased metabolic flexibility resulting from changes in RSC composition; and finally, enhanced stability and functionality of all participating complexes in the specific context of the protein-dense IMM (Barrientos and Ugalde, 2013; Milenkovic et al., 2017). Nevertheless, there is still some controversy as to the functional and physiological relevance of RSCs.

About 10 years ago, a new functional entity was shown to interact with yeast RSCs: Aac2p (Claypool et al., 2008; Dienhart and Stuart, 2008). More recently, this association was shown to be evolutionarily conserved as two distinct human ANT isoforms also form complexes with RSCs (Lu et al., 2017). Functionally, this conserved interaction could benefit both RSCs and the AACs. Specifically, the electrogenic exchange of ATPin/ADPout by AAC/ANT is positively influenced by the membrane potential (ΔΨ) across the IMM (Krämer and Klingenberg, 1980) which of course is established by the electron transport chain. Similarly, by dissipating the electrical gradient, productive AAC/ANT transport makes it easier for RSCs to pump protons. As such, it is reasonable to hypothesize that this known functional synergy is further enhanced by being physically associated.

The absence of Aac2p in yeast impairs OXPHOS (Lawson et al., 1990; Heidkämper et al., 1996; Muller et al., 1996; Fontanesi et al., 2004; Claypool et al., 2008; Dienhart and Stuart, 2008). Prior mutagenic studies of Aac2p suggested that COX (complex IV) function is dependent on Aac2p function or expression (Muller et al., 1996; Müller et al., 1997). More recently, several groups demonstrated that there is a specific reduction in complex IV activity in yeast strains lacking Aac2p (Heidkämper et al., 1996; Muller et al., 1996; Fontanesi et al., 2004; Claypool et al., 2008; Dienhart and Stuart, 2008). These observations suggest that Aac2p nucleotide transport activity and/or its interaction with the RSCs are critical determinants of optimal COX activity.

ADP/ATP carriers interact with RSCs in the presence of cardiolipin, a unique phospholipid found exclusively in the mitochondrion (Claypool et al., 2008). Available structures of AAC/ANTs depict three tightly bound cardiolipin molecules per monomer (Beyer and Klingenberg, 1985; Pebay-Peyroula et al., 2003; Ruprecht et al., 2014). In the absence of cardiolipin, Aac2p function is impaired and Aac2p assembly is drastically altered (Jiang et al., 2000; Claypool et al., 2008). The absence of cardiolipin also destabilizes the RSCs (Zhang et al., 2002; Pfeiffer et al., 2003), including its association with Aac2p (Claypool et al., 2008). That Aac2p assembly and function is cardiolipin-dependent has led to the hypothesis that the assembly and function of AAC/ANTs may be the “Achilles heel” of a multitude of cardiolipin-based diseases (Klingenberg, 2008; Claypool, 2009). The structural changes in RSCs and Aac2p that occur in the absence of cardiolipin have clear functional consequences (Claypool et al., 2008). However, the relative contribution of each structural change— impaired assembly of RSCs, Aac2p, or RSC-Aac2p— that occurs in the absence of cardiolipin to the associated mitochondrial dysfunction has not been established.

It has also been hotly debated whether the protein exists and/or functions as a monomer or dimer. Mitochondrial carriers were originally accepted to exist and function as homo-dimers (Lin et al., 1980; Klingenberg, 1981; Palmisano et al., 1998; Schroers et al., 1998; Kotaria et al., 1999; Trézéguet et al., 2000; Capobianco et al., 2002; Dyall et al., 2003; Nury et al., 2005; Postis et al., 2005). A number of studies, motivated by the crystal structures (Kunji and Harding, 2003; Pebay-Peyroula et al., 2003; Ruprecht et al., 2014), have challenged this initial view and instead provided evidence that AACs function, and in fact exist in the IMM, as monomers (Kunji and Harding, 2003; Bamber et al., 2006, 2007a,b; Kunji and Crichton, 2010). Obviously, AACs cannot be monomeric in the IMM and interact with RSCs in a cardiolipin-dependent manner. Additional work is needed to reconcile these very different models of AAC connectivity.

Mitoferrins Are Fundamental to Iron Transport

Iron is essential for mitochondrial function (Levi and Rovida, 2009). Mitochondria themselves are intimately involved in the regulation of cellular iron. Iron is important in the heme biosynthetic pathway in the reaction step of ferrous iron incorporation into protoporphyrin IX catalyzed by ferrochelatase (Figure 2) (Ponka, 1997). Heme is needed for synthesis of the mitochondrial cytochromes which are electron carriers critical for OXPHOS. In addition, iron-sulfur cluster biogenesis occurs in the mitochondrial matrix and is tightly linked to many other cellular processes such as heme biosynthesis, ribosome assembly, DNA synthesis, and translation initiation (Lill and Mühlenhoff, 2008; Lill, 2009). SLC25A28 and SLC25A37 encode Mitoferrin 2 (MFRN2) and Mitoferrin 1 (MFRN1), respectively, which are involved in iron import into the mitochondrion. In zebrafish and mammals, MFRN1 is expressed predominantly in hematopoietic tissues whereas MFRN2, with 65% amino acid identity to its paralog, is widely expressed (Shaw et al., 2006; Amigo et al., 2011). MFRN2 has about 38% identity to Mrs3p and Mrs4p (Shaw et al., 2006), two yeast transporters originally identified as suppressors of an intron splicing defect (Waldherr et al., 1993) that have since been associated with iron transport (Foury and Roganti, 2002). Yeast lacking Mrs3p and Mrs4p exhibit poor growth in iron-depleted conditions (Foury and Roganti, 2002). MFRN1 loss-of-function in mice and zebrafish results in reduced iron uptake into mitochondria and defective hemoglobin synthesis (Shaw et al., 2006). In non-erythroid cells, MFRN2 and MFRN1 are both involved in mitochondrial iron uptake (Paradkar et al., 2009). When both transporters are silenced in non-erythroid cells, heme synthesis is severely compromised; further overexpression of one can functionally compensate for the loss of the other (Paradkar et al., 2009). These results establish the fundamental importance of these proteins in mitochondrial iron metabolism in erythroid and non-erythroid cells.
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FIGURE 2. Overview of the heme biosynthetic pathway. Three known MCF members are involved in heme biosynthesis. Following its transport into the matrix by Hem25p/SLC25A38, glycine is condensed with succinyl-CoA by ALA synthase to form δ-aminolevulinic acid. The next four steps of the heme biosynthetic pathway occur in the cytosol. The identity of the protein, which may be a MCF member, that mediates the transport of δ-aminolevulinic acid across the inner membrane has not been determined. The active sites of coproporphyrinogen III oxidase and Protoporphyrinogen oxidase face the intermembrane space. In contrast, the final step in the heme biosynthetic pathway occurs in the matrix and is catalyzed by ferrochelatase. The identity of the protein, which may be a MCF member, that transports protoporphyrin IX to the matrix has not been determined. Ferrochelatase incorporates iron (Fe), transported into the matrix by the mitoferrins SLC25A28 and SLC25A37, into protoporphyrin IX to produce heme.



Uncoupling Proteins Provide a Pathway for Proton Leakage

The UCPs are regulated mitochondrial proteins known to transport protons, anions or other mitochondrial substrates (Jezek et al., 2010; Fedorenko et al., 2012; Porter, 2012; Monné et al., 2018). Six UCP homologs have been discovered in humans—UCP1 or thermogenin (Heaton et al., 1978), UCP2 (Fleury et al., 1997), UCP3 (Boss et al., 1997), UCP4 (Mao et al., 1999), UCP5 or BMCP1 for brain mitochondrial carrier protein 1 (Sanchis et al., 1998), and UCP6 or KMCP1 for kidney mitochondrial carrier protein 1 (Haguenauer et al., 2005). UCPs uncouple OXPHOS from ATP synthesis; they dissipate proton gradients by allowing protons that have been pumped into the intermembrane space by respiratory complexes to flow back into the mitochondrial matrix without being utilized for ATP synthesis (Figure 3). The translocation of hydrogen ion by UCPs requires fatty acids and this activity is inhibited by purine nucleotides such as GDP. Until recently, the role of fatty acids in activating the uncoupling process was hotly debated in relation to the putative UCP transport mechanism. Proton and anion transport by UCP involves fatty acids, as extensively reviewed (Jezek et al., 2018). According to the fatty acid cycling mechanism, protonated free fatty acids spontaneously flip to the matrix IMM leaflet where they release protons based on the proton gradient across the IMM. In turn, UCPs provide a conduit consisting of basic amino acids that facilitates the movement of the FA anion back to the IMS leaflet, a process that is also driven by the electrochemical gradient. In the net, these processes dissipate the proton gradient (Kamp and Hamilton, 1992; Kamp et al., 1993, 1995; Jezek et al., 1997a,b; Jabùrek et al., 2001; Jezek et al., 2010, 2018). This model is validated by nuclear magnetic resonance and functional mutagenesis studies on UCP2 which provided molecular and structural support for this protonophoretic model (Berardi and Chou, 2014).
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FIGURE 3. Uncoupling protein (UCP) provides a pathway for proton leak. (A) Proton pumping across the inner membrane into the intermembrane space by complexes I, III, and IV occurs as electrons (e-) flow down the transport chain. This generates a proton-based electrochemical gradient (Δψ) that is consumed by the ATP synthase to produce ATP, thus coupling ATP synthesis to proton pumping. The proton gradient also provides the driving force for the exchange of ADP and ATP by AAC and the uptake of Pi by PIC, transport processes that are essential for OXPHOS. (B) UCPs provide an alternative means to equilibrate the proton gradient which effectively uncouples proton pumping from ATP synthesis. This results in increased flux of electrons through the electron transport chain which generates heat (indicated by red intermembrane space). In (A,B), line thickness reflects relative flux/activity.



The UCP1 is thought to be exclusively found in brown adipose tissue and is the only UCP responsible for adaptive adrenergic non-shivering thermogenesis (Nicholls et al., 1978; Matthias et al., 2000; Golozoubova et al., 2001; Porter, 2008). As such, it is firmly established that UCP1 functions as a true UCP that utilizes the electrochemical gradient generated by the respiratory chain to produce heat instead of ATP. Also, there seems to be a close relationship between mitochondrial ROS and UCP1-dependent thermogenesis although whether or not superoxide modulates UCP1 function is debated (Echtay et al., 2002; Silva et al., 2005; Chouchani et al., 2017). Nonetheless, work with ucp1 knockout (ucp1-/-) mice has established that UCP1 is a target of redox modification in vivo (Chouchani et al., 2016). A recent study showed that brown adipose tissue (BAT) from ucp1-/- mice have reduced respiratory chain proteins and increased host defense signaling following exposure to cold (Kazak et al., 2017). Intriguingly, BAT-derived mitochondria from ucp1-/- mice are more sensitive to calcium overload in a ROS-dependent manner (Kazak et al., 2017). Thus, though UCP1 is traditionally linked to thermogenesis, it is becoming clear that UCP1 function extends beyond thermogenesis.

UCP2-5 are not involved in thermogenesis even though they provide mild uncoupling which may be protective against oxidative stress (Jezek et al., 2018). UCP2 transports C4 metabolites such as oxaloacetate, a function that matches well with its close phylogenetic relationship with the dicarboxylic acid carrier, SLC25A10 (Vozza et al., 2014). It is widely expressed (Fleury et al., 1997; Gimeno et al., 1997) and has numerous pathophysiological roles. For instance, due to its ability to reduce ROS generation, UCP2 participates in both host immunity and the inflammatory response (Nègre-Salvayre et al., 1997; Arsenijevic et al., 2000; Mattiasson and Sullivan, 2006). In addition, UCP2 has been implicated in body mass regulation, glucose metabolism, and carcinogenesis (Zhang et al., 2001; Horimoto et al., 2004; Mattiasson and Sullivan, 2006; Derdak et al., 2008; Li et al., 2013, 2015; Vozza et al., 2014; Sreedhar et al., 2017). UCP3 is expressed mainly in the skeletal muscle and brown adipose tissue, and minimally in the heart (Boss et al., 1997; Vidal-Puig et al., 1997) where it is important for ROS attenuation but not body mass regulation or fatty acid metabolism (Vidal-Puig et al., 2000). Indeed, mitochondria from mice with lower levels of UCP3 have increased ROS production and oxidative damage further suggesting that UCP3 protects against ROS and oxidative damage (Brand et al., 2002). UCP4 is predominantly expressed in the nervous system including different regions of the brain, the spinal cord, hair cells of the inner ear, and Merkel cells in the skin (Liu et al., 2006; Smorodchenko et al., 2009, 2011). UCP4 overexpressing neuronal cell lines have reduced OXPHOS with a corresponding increase in glucose uptake and glycolysis (Liu et al., 2006). These metabolic changes correlate with a drop in ROS production, a reduced tendency for calcium overload and an overall increased resistance to apoptosis (Liu et al., 2006). Overexpression of UCP4 in pre-adipocyte cell lines stimulates proliferation, inhibits differentiation into adipocytes and protects against apoptosis (Zhang et al., 2006). Furthermore, impaired insulin sensitivity and mitochondrial biogenesis, decreased mtDNA level and increased ROS production occurs in adipocyte cell lines overexpressing UCP4 suggesting a global negative impact of UCP4 on mitochondrial function (Gao et al., 2010). However, in UCP4 overexpressing L6 myocytes, insulin sensitivity is improved with no change in intracellular ROS production, mtDNA levels or mitochondrial biogenesis (Gao et al., 2011). Regulated UCP4 expression, therefore, seems to be critical for optimal mitochondrial and cellular function.

UCP5 is expressed principally in the central nervous system and has three different forms (long form, UCP5L with 325 amino acids; short form, UCP5S with 322 amino acids; and short insert form, UCP5S1 with 353 amino acids) (Ramsden et al., 2012). UCP5 overexpression in human SH-SY5Y cells increases proton leak, reduces mitochondrial membrane potential and ATP production, and increases oxygen consumption (Kwok et al., 2010). UCP6 has not been well studied. To date, it is associated with carcinogenesis (Nohara et al., 2012) and its expression in the kidney cortex is increased following pro-oxidant states (Haguenauer et al., 2005).

The Citrate Carrier Has a Pervasive Role in Cellular Metabolism

The ubiquitously expressed mitochondrial CiC, also known as the tricarboxylate carrier, citrate transport protein or dicarboxylic acid transporter, is encoded by SLC25A1 in mammals. It catalyzes the obligate electroneutral exchange of a tricarboxylate such as citrate for another tricarboxylate, a dicarboxylate such as malate, or phosphoenolpyruvate (Klingenberg, 1972; Bisaccia et al., 1989; Gnoni et al., 2009). CiC exports matricial citrate, the first product of the citric acid (Kreb; tricarboxylic acid) cycle, in exchange for cytosolic malate. Citrate is an important regulatory substrate for many metabolic reactions. As such, CiC provides substrates for both fatty acid and cholesterol biosynthesis (Figure 4) and helps in the transfer of reducing equivalents across the IMM (Palmieri et al., 2015). For fatty acid synthesis, citrate is source of carbons and also allosterically regulates the rate-limiting enzyme of this biosynthetic pathway. Cytoplasmic citrate is first cleaved into acetyl-CoA and oxaloacetate by ATP citrate lyase. Acetyl-CoA is then carboxylated into malonyl CoA by acetyl CoA carboxylase, the rate-limiting step in fatty acid synthesis. For cholesterol synthesis, two molecules of acetyl-CoA (also from Citrate by ATP citrate lyase) are condensed to yield acetoacetyl-CoA which is then condensed with another acetyl-CoA to yield 3-hydroxy-3-methylglutaryl-CoA (HMG-CoA). The committed step in cholesterol synthesis is the reduction of cytosolic HMG-CoA to mevalonate. Fatty acid and cholesterol synthesis also requires NADPH and some of these are generated from cytosolic oxaloacetate via malate dehydrogenase and malic enzyme (Palmieri, 2004). Citrate transport from the mitochondrion increases NADPH synthesis and the activity of human CiC is modulated by acetylation in activated immune cells (Palmieri et al., 2015). The orthologous yeast citrate transport protein Ctp1p, preferentially transports tricarboxylates versus other substrates, in contrast to the mammalian transporter which transports tricarboxylates, malate, and phosphoenolpyruvate to similar extents (Kaplan et al., 1995). By supplying citrate-derived acetyl-CoA that is required for normal nucleosome histone acetylation, SLC25A1 and its Drosophila ortholog, scheggia (sea) are also important for the maintenance of genome integrity (Morciano et al., 2009). Recently, it was shown that SLC25A1 is critical for tumor cell metabolism; it enables stem-like properties in cells, contributes to treatment resistance in cancer cells (Fernandez et al., 2018), and has been proposed as a metabolic oncogene (Kolukula et al., 2014). In another recent work, SLC25A1 and its genetic and functional interactions with SLC25A4 is required for optimal neuronal development, function and behavior (Gokhale et al., 2018). Therefore, CiC is critical for intermediary metabolism and has emerging roles in human development and disease including cancer.
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FIGURE 4. Citrate provides substrates for anabolic pathways. Citrate is a substrate for many biological reactions. Here, the role of citrate in fatty acid and cholesterol synthesis is depicted. Citrate is transported from the mitochondrion into the cytoplasm by CiC/SLC25A1. Once in the cytoplasm, it is broken down into oxaloacetate and acetyl-CoA by the action of ATP Citrate Lyase. For fatty acid synthesis, acetyl-CoA is carboxylated by Acetyl-CoA Carboxylase (ACC) to malonyl-CoA. Alternatively, acetyl-CoA can be condensed with itself to generate acetoacetyl-CoA, which then reacts with another acetyl-CoA and water to form 3-hydroxy-3-methyl-glutaryl-CoA (HMG-CoA). Conversion of HMG-CoA to mevalonate, the committed step in cholesterol biosynthesis, is performed by 3-hydroxy-3-methyl-glutaryl-coenzyme A reductase (HMGCR).



Pathology of MCF

The MCF provides substrates for various biochemical processes in the cell. Consistent with their diverse and fundamental roles in metabolism, the absence or dysfunction of assorted MCF members causes a wide variety of disorders including hematologic, neurologic, and cardiac diseases. Underlying many of these disorders is a defect in OXPHOS leading to disturbed mitochondrial energy metabolism that manifests in a wide variety of clinical signs and symptoms. A number of systemic diseases caused by mutations in genes encoding SLC25 members are discussed briefly next and Table 3 displays a summary of MCF-linked diseases clustered by presentation.

TABLE 3. Summary of known MCF-involved diseases clustered by systemic presentation.
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Mitochondrial carriers encoded by SLC25A28, SLC25A37, and SLC25A38 are important for heme synthesis which requires cellular iron, glycine and succinyl-CoA (Figure 2). Since red blood cells are very sensitive to defects in heme synthesis, dysfunction in any of these mitochondrial carriers causes anemia (Xu et al., 2013). The erythroid specific SLC25A38, which based on its requirement for erythropoiesis was initially predicted to encode an amino acid carrier capable of transporting glycine, is now regarded as a bonafide glycine transporter (Guernsey et al., 2009; Fernández-Murray et al., 2016; Lunetti et al., 2016). Pathogenic mutations in SLC25A38 and knockdown experiments in zebrafish implicate the carrier in the etiology of congenital sideroblastic anemia (Guernsey et al., 2009) (OMIM 610819). Mutations in the carrier are the second most common cause of inherited sideroblastic anemia and may account for about a fifth of all cases (Harigae and Furuyama, 2010; Horvathova et al., 2010). As previously discussed, SLC25A28 and SLC25A37, which encode the mitoferrins, are critical for iron homeostasis. Although no human mutations have been described for these carriers, MFRN1 has been shown to be important for heme synthesis in erythroid cells (Shaw et al., 2006).

SLC25A46 encodes a novel outer mitochondrial membrane protein that is widely expressed in the nervous system (Haitina et al., 2006), and mutated in numerous neurological diseases including optic atrophy spectrum disorder, Charcot-Marie-Tooth type 2, Leigh syndrome, progressive myoclonic ataxia, and lethal congenital pontocerebellar hypoplasia (Abrams et al., 2015; Wan et al., 2016; Terzenidou et al., 2017) (OMIM 610826). Insight into each of these neurological diseases is hampered by the fact that SLC25A46 is an orphan member of the MCF whose substrate(s) has not been defined (Palmieri and Monné, 2016). However, given its unusual localization to the outer mitochondrial membrane, whether SLC25A46 functions as a transporter or instead has novel activities that are unrelated to its SLC25 membership remains an open question. Indeed, SLC25A46 has been implicated in both mitochondrial dynamics and cristae morphology (Abrams et al., 2015; Janer et al., 2016; Steffen et al., 2017).

Mitochondrial energy production is high in cardiac tissue and it is unsurprising that many mitochondrial carriers have been associated with cardiac disease, manifested in most cases as hypertrophic cardiomyopathy. Mutations in SLC25A4, encoding ANT1, are responsible for both the autosomal dominant and recessive cardiomyopathic type mitochondrial DNA depletion syndromes (OMIM 617184 and 615418, respectively) (Palmieri et al., 2005; Echaniz-Laguna et al., 2012; Körver-Keularts et al., 2015; Thompson et al., 2016), in addition to autosomal dominant progressive external ophthalmoplegia (OMIM 609283) (Kaukonen et al., 2000; Napoli et al., 2001; Komaki et al., 2002; Siciliano et al., 2003). Mutations in SLC25A3 that encodes the phosphate carrier cause either hypertrophic cardiomyopathy and impaired function of other organs such as skeletal muscle (Mayr et al., 2007; Mayr et al., 2011) or isolated cardiomyopathy (Bhoj et al., 2015). Interestingly, in the latter case (Bhoj et al., 2015), the mutations discovered in SLC25A3 were a mix of a single nucleotide change and a stretch of indels, both of which could potentially impact the two mammalian isoforms of the protein (Bhoj et al., 2015; Seifert et al., 2015). By disrupting the Urea Cycle, mutations in SLC25A13, whose protein product mediates the electrogenic exchange of aspartate for glutamate (Palmieri et al., 2001), cause adult onset citrulinemia (Kobayashi et al., 1999; Yasuda et al., 2000; Ohura et al., 2001; Tazawa et al., 2001; Fiermonte et al., 2008). Carnitine-acylcarnitine translocase deficiency resulting from many different mutations in SLC25A20 results in a multi-systemic disorder that includes cardiomyopathy as one of its clinical features (OMIM 212138) (Stanley et al., 1992; Pande et al., 1993; Iacobazzi et al., 2004). A genome-wide association study reported an association between UCP5 gene variants and the formation of atherosclerotic plaques suggesting that UCP5 has a protective role against atherosclerosis (Dong et al., 2011). Furthermore, UCP5 expression is increased in embolic stroke and multiple infarction brain lesions probably due to upregulation brought about by chronic ischemic stress (Nakase et al., 2007). However, since UCP5, like SLC25A38 and SLC25A46, is an orphan MCF, the underlying pathogenic mechanism is very much unclear at this time.

Challenges to MCF-Focused Research

Mitochondrial carriers, and SLCs in general, perform a central role in metabolism and their association with a myriad of diseases makes them attractive candidates for basic and translational research. However, it has been noted that this area of research has not grown in commensurate proportion to its size or the gold mine its study could potentially reap (Cesar-Razquin et al., 2015). Most of these carriers are yet to be fully characterized and many of them remain totally uncharacterized. A number of technical factors have hampered growth of research focused on the extended membership of the SLC family that of course includes the MCF. A huge technical hurdle is the systemic absence of validated antibodies specific to most of these proteins. Further, many of the available antibodies are too weak to detect endogenous proteins whose expression is likely low and in general, many of the available reagents have not been rigorously characterized and validated (e.g., absence of signal with appropriate negative controls such as knockout cells). Compounding issues is the fact that many SLC members appear to have low immunogenicity which likely stems from the fact that they are polytopic membrane proteins that often display high interspecies conservation. Finally, transport assays are tedious to perform and limited by the volume of substrates available and/or required to de-orphanize a SLC protein.

Interestingly, a number of carriers have been shown to display substrate promiscuity by transporting more than one type of solute (Fiermonte et al., 2009). Two members in Arabidopsis thaliana, AtUCP1 and AtUCP2, previously thought to be UCPs and therefore named as such were recently assigned the function of transporting amino acids, dicarboxylates, phosphate, sulfate, and thiosulfate (Monné et al., 2018). The Pi carrier in mammals, SLC25A3, was originally described as a phosphate symporter (Wohlrab and Flowers, 1982; Seifert et al., 2015) whose mutation is associated with fatal childhood diseases (Mayr et al., 2007; Bhoj et al., 2015). Pic2p, originally thought to be a second albeit minor Pi carrier in yeast, actually functions as a Cu++ transporter responsible for the import of copper, required for COX assembly, into the mitochondrial matrix (Vest et al., 2013). Similarly, SLC25A3, which shares 65% similarity with Pic2p, was recently shown to have a conserved role for copper transport in vivo and in vitro (Vest et al., 2013; Boulet et al., 2017). Together, these results indicate that even well-established MCF members may have the capacity to transport additional presently unappreciated substrates.

Apparent functional redundancy is another recurring feature of mitochondrial carriers (Taylor, 2017). For example, mitochondrial nucleotide homeostasis not only involves the ADP/ATP carriers (SLC25A4, SLC25A5, SLC25A6, and SLC25A31) but also is influenced by the ATP-Mg/Pi carriers (SLC25A23, SLC25A24, SLC25A25, and SLC25A41). Indeed, in yeast, the calcium-dependent ATP-Mg/Pi carrier, Sal1p, can compensate for the absence of the major isoform of the ADP/ATP carrier, Aac2p, and provide a pool of mitochondrial ATP that is required for yeast viability (Chen, 2004; Cavero et al., 2005; Traba et al., 2008; Laco et al., 2010). Still, there are a lot of unknowns regarding how all of these different transporters maintain the nucleotide pool across the IMM. It has been suggested that different mammalian ADP/ATP carrier isoforms, which do not transport AMP, may have different preferred transport modes, i.e., ATP vs. ADP. For instance, based on its high expression in cancer cells, SLC25A5 (ANT2) was postulated to preferentially import ATP made by glycolysis, an activity that maintains the mitochondrial membrane potential and by extension, other essential mitochondrial functions (Stepien et al., 1992; Giraud et al., 1998; Chevrollier et al., 2005). However, it was recently demonstrated in a range of cancer cells that the uptake of ATP is in fact completely independent of the activity of any ADP/ATP carrier isoform (Maldonado et al., 2016). As such, it remains unresolved whether the different ANT isoforms do or do not have distinct transport activities and/or substrate preferences. Also unclear is how the calcium-dependent ATP-Mg/Pi carriers, which were originally thought to preferentially transport ATP but since demonstrated to also transport other adenine nucleotides (Fiermonte et al., 2004), interface with the ADP/ATP carriers to modulate mitochondrial nucleotide homeostasis. The requirement for calcium provides an opportunity for the flux of adenine nucleotides across the IMM to be regulated. Indeed, the calcium-dependent mitochondrial uptake of adenine nucleotides by SLC25A23 is required for the glucagon-stimulated increase in OXPHOS in liver mitochondria (Amigo et al., 2013). As research progresses in this area, identification of the substrate(s) transported by many of these proteins will provide foundational information as to their physiological roles.



MITOCHONDRIAL TRANSLATION

The vast majority of mitochondrial proteins are translated in the cytosol and imported thereafter into the mitochondrion. For those proteins encoded by the mitochondrial genome (mtDNA), mitochondria have retained a dedicated, dual-origin translational machinery whose architecture is similar to that of bacteria. Consistent with this bacterial origin, mitochondrial translation is pharmacologically unaffected by cycloheximide, an inhibitor of cytosolic translation, and is instead sensitive to antibiotics such as puromycin and chloramphenicol. Eight polypeptides in yeast and thirteen polypeptides in humans are encoded by mtDNA and thus produced via mitochondrial translation. Apart from genes for these polypeptides, the mtDNA also encodes a set of transfer (t)RNAs, ribosomal (r) RNAs and in yeast, the RNA component of the mitochondrial RNAse P (Towpik, 2005; Walker and Engelke, 2008). The mitochondrial translation cycle is subdivided into four steps— initiation, elongation, termination and recycling—and nuclear encoded polypeptide factors are required at different steps for optimal mitochondrial translation (Towpik, 2005; Smits et al., 2010; Kehrein et al., 2013). An example of a nuclear-encoded factor in yeast is the mitochondrial translation initiation factor 3 (mIF3p), the Saccharomyces cerevisiae homolog of the bacterial translation initiation factor 3 (IF3). Its function is conserved and overlaps with human mIF3p (Atkinson et al., 2012; Kuzmenko et al., 2014), and its absence in yeast disrupts mitochondrial translation (Kuzmenko et al., 2016). In addition, a number of translational activators directly interacting with mRNAs of mitochondrial encoded polypeptides are necessary to optimize the translation of a specific mtDNA-encoded polypeptide, e.g., synthesis of Cox1p is affected when Mss51p is absent or limiting (Siep et al., 2000; Perez-Martinez et al., 2003, 2009; Barrientos et al., 2004; Fontanesi et al., 2011).

Translation of some mitochondrial proteins is tightly coupled to their assembly into respiratory complexes in a manner similar to a mechanism described as “controlled by epistasy of synthesis” (CES) that exists in the biogenesis of photosynthetic protein complexes (Choquet et al., 2001; Towpik, 2005). For example, in yeast, Cox1p synthesis is tightly coupled to the assembly of respiratory complex IV which helps to balance the production of subunits with their assembly into the holoenzyme which in the net preserves mitochondrial proteostasis (Perez-Martinez et al., 2003; Barrientos et al., 2004; Towpik, 2005; Soto et al., 2012).



EMERGING ROLES IN THE BIOGENESIS OF CYTOCHROME C OXIDASE

In yeast and in humans, a link between the function of MCF members and COX biogenesis is emerging (Figure 5). For instance, a destabilizing pathogenic mutation in SLC25A46 impairs OXPHOS and ascorbate/TMPD-dependent respiration and reduces steady state levels of complex IV subunits (Janer et al., 2016). These findings are consistent with a complex IV-specific assembly defect in SLC25A46 mutant fibroblasts. At present, the mechanistic basis for the reduced steady state levels of complex IV subunits has not been determined. A role in the assembly of the OXPHOS machinery is perhaps not unexpected given that many SLC members provide substrates that serve as building blocks needed for processes such as mitochondrial DNA replication, transcription, translation, and/or post-translational assembly of protein complexes. However, it is surprising that these defects seem to specifically impact complex IV without significantly affecting the other OXPHOS complexes that are also built from subunits expressed from both the nuclear and mitochondrial genomes.
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FIGURE 5. An emerging link between mitochondrial carriers and complex IV biogenesis. Cytochrome c oxidase is assembled from protein subunits that originate from the mitochondrial and nuclear genomes. Mitochondrial carriers support these processes at multiple levels. Mutations in the metazoan-specific SLC25A46, an unusual family member that resides in the outer membrane, decreases complex IV levels by an unclear mechanism. The absence of Aac2p function impairs translation of subunits encoded by mitochondrial DNA. Pic2p and Hem25p help provide co-factors that are essential for complex IV assembly and function. Hem25p transports glycine that is used to make Heme and Pic2p mediates uptake of Cu++. TOM, translocase of the outer membrane; TIM23, translocase of the inner membrane 23; Oxa1p, mitochondrial inner membrane insertase.



Recently, a role for the yeast ortholog of human SLC25A38, Hem25p, important for heme synthesis as a mitochondrial glycine importer, in the stability of respiratory complex proteins was tested (Dufay et al., 2017). While deletion of Hem25p compromises the steady state level of subunits of each respiratory complex, its absence is most detrimental to complex IV (Dufay et al., 2017). Intriguingly, the combined absence of Hem25p and Flx1p, the mitochondrial flavin adenine dinucleotide transporter (ortholog of human SLC25A32), further reduces the steady state level of subunits of the hem25Δ-affected respiratory complexes except complex IV (Dufay et al., 2017). These results are consistent with a model that Hem25p and Flx1p provide heme and FAD, respectively, which are required for the assembly of the respiratory chain complexes.

Knockdown of the two isoforms of SLC25A3, SLC25A3-A, and SLC25A3-B, in many different cell types results in reduced COX holoenzyme levels and activity (Boulet et al., 2017). When SLC25A3 is limiting, the steady state levels of COX4, a nuclear encoded subunit of COX, and mitochondrial copper are reduced (Boulet et al., 2017). Interestingly, COX4 abundance is rescued by copper supplementation (Boulet et al., 2017). Since copper is critical for the assembly of COX (Diaz, 2010; Baile and Claypool, 2013), defects in copper import are likely to impair COX biogenesis. Nevertheless, SLC25A3 function may be modulated and/or linked to the assembly of COX via a pathway that is presently unidentified (Boulet et al., 2017).

The absence of Aac2p in yeast leads to a specific reduction of COX activity while the activity of complex III is unaffected (Dienhart and Stuart, 2008). The reduced complex IV activity likely stems from lower steady state levels of its subunits in the absence of Aac2p. These findings are consistent with the impaired OXPHOS activity that occurs when Aac2p expression is decreased or ablated (Heidkämper et al., 1996; Muller et al., 1996; Müller et al., 1997; Claypool et al., 2008). Intuitively, the mechanistic basis for the reduced steady state levels of complex IV subunits could derive from a defect in any step in its biogenesis that is regulated/modulated by and/or dependent on the nucleotide transport function of Aac2p. Alternatively, the conserved AAC/ANT-RSC interaction may itself be critical for robust COX expression, assembly, and/or function Since the Aac2p and ANT1/ANT2 interactomes all included other SLC25 family members (Claypool et al., 2008; Lu et al., 2017), it is possible that these MCF–MCF interactions are critical for maintaining the abundance of metabolites that are needed for optimal mitochondrial translation and assembly of respiratory complexes.

Our group recently showed that in yeast regulation of complex IV activity by the Aac2p relies solely on the activity of the protein in a way that is mechanistically dependent on mitochondrial translation (Ogunbona et al., 2018). Indeed, similar to the complete absence of Aac2p (Dienhart and Stuart, 2008), an interaction-competent transport-dead mutant of Aac2p exhibits reduced complex IV activity, reduced levels of the complex IV holoenzyme, and reduced steady states levels of complex IV subunits, especially those encoded by mtDNA (Ogunbona et al., 2018). Interestingly, translation of complex IV subunits encoded by mtDNA is specifically decreased in the absence of Aac2p activity, either genetically imposed or due to the presence of AAC-specific inhibitors. In addition, when Aac2p is expressed but non-functional, the turnover of newly synthesized Cox3p is increased (Ogunbona et al., 2018). Together, these results establish a novel link between nucleotide transport and mitochondrial translation of complex IV subunits. A big question moving forward is whether this neoteric mechanism is evolutionarily conserved in mammals. Ongoing and future efforts focused on dissecting the functional significance of distinct aspects of the AAC/ANT interactome are likely to shed further insight into how it supports complex IV biogenesis.



PERSPECTIVES

The MCF is an extensive cluster of transport proteins with essential biochemical and physiological functions. Individually and collectively, they have a broad role in intermediary metabolism and are pathophysiologically significant. In spite of this, there remain numerous fundamental gaps in our understanding of their cellular functions and if and how their activities are regulated. At the molecular level, the mechanistic basis for their role(s) in the regulation of many biologic processes, including OXPHOS, is still missing. Even for the best characterized MCF protein, Aac2p, new biology was recently uncovered suggesting that there is likely a ton of new biology to uncover in the biggest subfamily of SLCs. Future research should primarily focus on establishing the biological functions of each and every protein in the family. For proteins with assumed roles in mitochondrial energy production, it will be important to carefully dissect their molecular contributions to OXPHOS. Using the recently uncovered translational regulation of complex IV activity by Aac2p as a paradigm, upcoming research work should remain open-minded to the identification of unanticipated functional relationships that may exist between MCF members and other biological processes. Discovery of new members and novel functions of existing members will give us a better understanding of their pathophysiological roles. Long term, such information may guide development of effective therapeutic strategies to correct or better manage diseases resulting from their dysfunction. With recent advances in biomedical research such as the advent of gene editing technologies (e.g., CRISPR/Cas9), substantial and rapid progress in the field of MCFs is anticipated.
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The mitochondrial respiratory chain is assembled into supercomplexes. Previously, two respiratory supercomplex-associated proteins, Rcf1 and Rcf2, were identified in Saccharomyces cerevisiae, which were initially suggested to mediate supercomplex formation. Recent evidence suggests that these factors instead are involved in cytochrome c oxidase biogenesis. We demonstrate here that Rcf1 mediates proper function of cytochrome c oxidase, while binding of Rcf2 results in a decrease of cytochrome c oxidase activity. Chemical crosslink experiments demonstrate that the conserved Hig-domain as well as the fungi specific C-terminus of Rcf1 are involved in molecular interactions with the cytochrome c oxidase subunit Cox3. We propose that Rcf1 modulates cytochrome c oxidase activity by direct binding to the oxidase to trigger changes in subunit Cox1, which harbors the catalytic site. Additionally, Rcf1 interaction with cytochrome c oxidase in the supercomplexes increases under respiratory conditions. These observations indicate that Rcf1 could enable the tuning of the respiratory chain depending on metabolic needs or repair damages at the catalytic site.
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INTRODUCTION

Mitochondria exert a plethora of metabolic functions including the TCA cycle, β-oxidation of fatty acids, heme synthesis, calcium storage and oxidative phosphorylation (OXPHOS) (Spinelli and Haigis, 2018). ATP is the product of the OXPHOS system, a system of complexes residing in the inner mitochondrial membrane consisting of the respiratory chain complexes and the ATP synthase. Electrons are transferred from electron donors like NADH and FADH2 through the different complexes of the respiratory chain, which maintain a proton gradient by translocating protons across the inner mitochondrial membrane. The ATP synthase utilizes this proton gradient to generate ATP from ADP and Pi. Understanding of the working mechanisms of the respiratory chain is especially important considering the diseases associated with a dysfunctional respiratory chain (Barrientos et al., 2002; McKenzie et al., 2006; Picard et al., 2016).

In the yeast Saccharomyces cerevisiae the respiratory chain consists of complexes II, III, and IV. Complex III (bc1 complex) and Complex IV (cytochrome c oxidase) assemble to respiratory supercomplexes (III2IV and III2IV2), structures which persist in mild detergent conditions (Cruciat et al., 2000; Schägger, 2000). The function of respiratory supercomplexes is debated with proposals ranging from substrate channeling over a decrease in ROS to avoiding aggregation of proteins in the crowded inner mitochondrial membrane (IMM) (Genova and Lenaz, 2014; Milenkovic et al., 2017; Fedor et al., 2018; Lobo-Jarne and Ugalde, 2018). Several proteins were found to associate with the respiratory supercomplexes without being a subunit of the individual complexes, namely Coi1, Aac2, Rcf1, and Rcf2 (Claypool et al., 2008; Dienhart and Stuart, 2008; Chen et al., 2012; Strogolova et al., 2012; Vukotic et al., 2012; Singhal et al., 2017). Recent cryo-EM structures of the yeast supercomplexes could not resolve these proteins interacting with the complexes (Letts et al., 2016; Hartley et al., 2019; Rathore et al., 2019). Two of these proteins, respiratory supercomplex factors 1 and 2 (Rcf1 and Rcf2), are part of the Hig-domain protein family. They share a high sequence similarity in this domain and are homologs to mammalian HIGD1A and HIGD2A. While HIGD1A and HIGD2A are expressed under stress conditions like hypoxia or low glucose levels (Wang et al., 2006; Ameri et al., 2013; Hayashi et al., 2015; Salazar et al., 2019), Rcf1 and Rcf2 are constitutively expressed (Garlich et al., 2017). The association of Rcf1 and Rcf2 as well as HIGD1A and HIGD2A with the respiratory supercomplexes has been described previously (Chen et al., 2012; Strogolova et al., 2012; Vukotic et al., 2012; Hayashi et al., 2015). Two studies independently showed that Rcf1 interacts with the cytochrome c oxidase subunit Cox3 during assembly (Su et al., 2014; Garlich et al., 2017). Nevertheless, the exact function of the proteins is still under debate.

Here, we show that Rcf1 and Rcf2 regulate the respiration of S. cerevisiae by modulating the activity of cytochrome c oxidase without strongly affecting supercomplex assembly and activity. Furthermore, we show that Rcf1 and Rcf2 are not stoichiometric subunits of cytochrome c oxidase. Our data suggest that they rather act as modulators of cytochrome c oxidase activity especially under energy demanding conditions. We confirmed the interaction partner of Rcf1 to be Cox3 and established that not only the conserved Hig-domain of Rcf1 is part of the interaction but also the fungi-specific C-terminus. Furthermore, these interactions are established during cytochrome c oxidase assembly, as published previously (Garlich et al., 2017), but are maintained in monomeric cytochrome c oxidase and supercomplexes. We propose that Rcf1 modulates cytochrome c oxidase activity by changing the environment of the active site or by repairing damages occurring during the catalytic cycle.



RESULTS


Rcf1 and Rcf2 Affect Respiratory Ability and Supercomplex Assembly

Rcf1 and Rcf2 belong to the conserved Hig-domain protein family. We investigated the effect of the loss of Rcf1 and Rcf2 on respiratory ability under normal and under stress conditions using growth assays (Figure 1A). Under normal conditions (30°C), lack of Rcf1 led to a mild growth defect on the non-fermentable carbon source glycerol. The same phenotype was observed at mild cold stress (25°C), while a stronger growth defect was observed under mild heat stress (37°C). In contrast, loss of Rcf2 did not impact growth at normal and heat shock conditions. Only at 25°C a slight decrease in growth could be observed. Surprisingly, loss of both Rcf1 and Rcf2 induced a strong growth defect already under normal conditions and a more severe growth defect under stress conditions (25 and 37°C, respectively). Thus, Rcf1 is important for the respiratory ability of S. cerevisiae, while Rcf2 affects respiration only in absence of Rcf1.
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FIGURE 1. Rcf1 and Rcf2 affect respiratory growth but influence supercomplex assembly only slightly. (A) A 10-fold serial dilution growth assay on fermentable and non-fermentable medium at different temperatures showed that absence of Rcf1 decreases respiratory ability of the strains. The absence of Rcf2 showed only in combination with loss of Rcf1 a strong decrease in growth. (B) Mitochondria were purified from cells grown to logarithmic phase in YPGal (30°C). Supercomplex assembly of mitochondria solubilized in 2% digitonin was analyzed by BN-PAGE followed by subsequent Western blot and immuno decoration showing supercomplex assembly in the absence of Rcf1 and Rcf2. The antibody against Rcf2 shows unspecific binding in the lower molecular weight range. (C) Respiratory chain complex assembly of mitochondria purified from cells grown in YPGal (logarithmic phase, 30°C) was analyzed. Mitochondria were solubilized in 2% digitonin, separated by BN-PAGE followed by separation on 2D polyacrylamide gels and Western blot analysis. Rcf1 and Rcf2 comigrate with supercomplexes. Upon loss of Rcf1, Rcf2 shifts mostly out of the supercomplexes. Still Rcf1 and Rcf2 can associate with supercomplexes in the absence of the respective other protein. Supercomplexes can still assemble in the absence of Rcf1, Rcf2 or both proteins combined although in a lower amount. T, total; III2IV2, III2IV, forms of supercomplexes; III2, dimer of bc1 complex; IV, cytochrome c oxidase.


To investigate how Rcf1 and Rcf2 affect respiration, we analyzed the assembly of the respiratory chain. In yeast, the bc1 complex (III) and the cytochrome c oxidase (IV) form respiratory supercomplexes, consisting of an obligate bc1 complex dimer and one or two copies of cytochrome c oxidase (III2IV and III2IV2). Analysis of supercomplex formation by BlueNative-PAGE (BN-PAGE) with subsequent Western blot and immuno decoration showed that Rcf1 and Rcf2 are part of the supercomplexes (Figure 1B). However, respiratory supercomplexes formed in the absence of either Rcf1 or Rcf2 as well as in the absence of both proteins. Furthermore, Rcf1 and Rcf2 remained in the supercomplexes in the absence of the respective other protein. To investigate the supercomplex formation in more detail we resolved complexes on a 2D polyacrylamide gel followed by Western blotting and immuno decoration (Figure 1C). Decoration against Cor2, as a representative for the bc1 complex, showed free bc1 complex dimer (III2) as well as roughly equal amounts of both forms of supercomplexes. Cox2, a core subunit of cytochrome c oxidase, as well as the accessory subunits Cox12 and Cox13 were comigrating with the supercomplexes and monomeric cytochrome c oxidase. Since the supercomplex III2IV2 contains two copies of cytochrome c oxidase, the signal for all three cytochrome c oxidase subunits was more intense in this supercomplex form. Rcf1 and Rcf2 comigrated with the supercomplexes showing more intense signal in the higher supercomplex compared to the lower, suggesting that they primarily interact with cytochrome c oxidase. Likewise, both proteins comigrated also with monomeric cytochrome c oxidase. Importantly, the majority of both proteins associated with other complexes or were available in the free form (Figure 1C). Upon loss of Rcf1, bc1 complex shifted partly out of the higher supercomplex into the lower supercomplex and monomeric form (indicated by Cor2). The same shift was observed for the cytochrome c oxidase (Cox2, Cox12, and Cox13) indicating that in the absence of Rcf1 supercomplexes can still be formed, but not as efficient as in the presence of Rcf1. Interestingly, in the absence of Rcf1, major parts of Rcf2 shift from the supercomplexes and cytochrome c oxidase into smaller complexes or the free form. Lack of Rcf2 did not affect supercomplex or cytochrome c oxidase assembly, or the interaction of Rcf1 with these complexes. Absence of both proteins, Rcf1 and Rcf2, resembled the loss of Rcf1. These results showed that Rcf1 and Rcf2 are not essential for supercomplex formation, but affect the ability of the individual complexes to assemble into supercomplexes.



Rcf1 and Rcf2 Affect Cytochrome c Oxidase Activity in an Opposing Manner

To investigate impact of the Rcf proteins on the individual complexes, we analyzed bc1 complex and cytochrome c oxidase separately. Steady-state protein levels in cells grown to exponential or stationary phase, respectively, showed no differences in the protein levels of Rip1 and Cor1 (bc1 complex) or Cox2 (cytochrome c oxidase; Figure 2A). Furthermore, the protein levels of Rcf1 and Rcf2 were not affected by the absence of the respective other protein. Since no difference in steady-state levels of the individual complexes was observed, the activity of the complexes or the coupled activity of the supercomplexes might be affected.


[image: image]

FIGURE 2. Rcf1 and Rcf2 affect cytochrome c oxidase activity without affecting its subunit amount. (A) Steady state protein levels of cells grown to logarithmic or stationary phase showed that the loss of Rcf1 or Rcf2 did not change the protein levels of bc1 complex (Cor1, Rip1) or cytochrome c oxidase subunits (Cox2). As control aconitase (Aco1) levels and total protein amount (ponceau) were used. (B) Cytochrome c reduction measurements showed that only in absence of both Rcf1 and Rcf2 bc1 complex (Complex III) activity was decreased. Oxygen consumption measurements demonstrated that cytochrome c oxidase (Complex IV) activity was decreased upon loss of either Rcf1 or both Rcf1 and Rcf2 while loss of Rcf2 alone led to an increase in activity. The coupled activity of the supercomplexes (Coupled) was not affected by the absence of either Rcf1 or Rcf2 [the standard errors were calculated from a sample size of n = 3 (complex III and complex IV) or n = 4 (coupled)]. n.s., P > 0.05; ∗P ≤ 0.05; ∗∗P ≤ 0.01; ∗∗∗P ≤ 0.001; ∗∗∗∗P ≤ 0.0001. (C) Supercomplexes were purified from mitochondria (cells grown YPG, 30°C, to logarithmic phase) via a FLAG-tag on Rcf1 (Rcf1F), Rcf2 (Rcf2F) or the cytochrome c oxidase subunit Cox6 (Cox6F). All three proteins co-purified supercomplexes but to different amounts.


To explore the influence of Rcf1 and Rcf2 on the activity of the respiratory chain complexes, we measured cytochrome c reduction to determine the specific activity of the bc1 complex and oxygen consumption to determine the specific activity of cytochrome c oxidase (Figure 2B). The activity of the bc1 complex was unchanged in the absence of either Rcf1 or Rcf2 alone, but absence of both proteins led to ∼30% loss of activity. Cytochrome c oxidase activity was affected by the absence of the single proteins. While loss of Rcf1 led to a ∼35% decrease of the O2-reduction activity of cytochrome c oxidase compared to the wild type enzyme, loss of Rcf2 led to an increase in activity of ∼15%. Surprisingly, loss of both Rcf1 and Rcf2 led to a 15% decrease in activity compared to 30% loss in activity upon absence of Rcf1 alone. To determine the coupled activity of the supercomplexes, oxygen consumption of digitonin solubilized mitochondria was measured. Electrons were supplied to the bc1 complex by reduced decylubiquinone (DQH2). Interestingly, the coupled activity of bc1 complex and cytochrome c oxidase was not affected by Rcf1 or Rcf2.

Our analyses, together with previously published data, showed that Rcf1 and Rcf2 are part of the supercomplexes, and overexpressed Rcf1 was co-purified with supercomplexes (Strogolova et al., 2012; Vukotic et al., 2012). To investigate if Rcf1 and Rcf2 are also co-purified with supercomplexes under endogenous expression levels, supercomplexes were purified via FLAG-tag on Rcf1, Rcf2 or the cytochrome c oxidase subunit Cox6 under mild conditions (2% digitonin) to ensure intact supercomplexes (Figure 2C). As expected, supercomplexes can be co-purified with Rcf1 and Rcf2. Strikingly, independent on the protein tagged for purification, both proteins, Rcf1 and Rcf2, were present in the supercomplexes. These data showed that supercomplexes can interact simultaneously with Rcf1 and Rcf2. Nevertheless, purification via Rcf1-FLAG yielded in lower co-purification of Rcf2 and vice versa indicating that Rcf1 and Rcf2 not always bind simultaneously to supercomplexes.



Rcf1 and Rcf2 Are No Stoichiometric Subunits of Cytochrome c Oxidase

These results, together with earlier proposals, raised the question if Rcf1 and Rcf2 are stoichiometric subunits of cytochrome c oxidase. However, co-fractionation or co-purification are likely influenced by the solubilization conditions, such that a detergent can dissolve labile bindings of membrane proteins. Hence, we aimed to compare the steady state level of Rcf1 and Rcf2 to those of cytochrome c oxidase. Analysis of strains endogenously expressing Rcf1His10, Rcf2His10, and Cox4His10, respectively, showed that Rcf1 and Rcf2 are less abundant than Cox4, a subunit of cytochrome c oxidase (Figures 3A,B). Furthermore, analysis by BN-PAGE and subsequent denaturing 2D polyacrylamide gels followed by Western blotting and immuno decoration showed that the majority of Cox4 was assembled in cytochrome c oxidase, while Rcf1 as well as Rcf2 were migrating with cytochrome c oxidase as well as with other complexes (Figure 3C). Therefore, we concluded that neither Rcf1 nor Rcf2 are stoichiometric subunits of cytochrome c oxidase.
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FIGURE 3. Rcf1 and Rcf2 are no stoichiometric subunits of cytochrome c oxidase. (A) and (B) Steady-state protein levels of His-tagged Rcf1, Rcf2 and the cytochrome c oxidase subunit Cox4. Decoration against the epitope of the His-tag showed 30% lower protein levels of Rcf1 and Rcf2 compared to Cox4. The proteins were extracted from mitochondria purified from cells grown in YPG, 30°C. The Western blot signal was quantified using the software ImageJ (the standard errors were calculated from a sample size of n = 3). (C) BN-PAGE analysis followed by 2D SDS-PAGE, Western blot and immuno decoration of wild-type mitochondria solubilized in 2% DDM showed that Cox4 solely comigrated with cytochrome c oxidase, while Rcf1 and Rcf2 comigrated additionally with other complexes. T, total; III2, dimer of bc1 complex; IVa and IVb, forms of cytochrome c oxidase. n.s., P > 0.05; ∗P ≤ 0.05; ∗∗P ≤ 0.01; ∗∗∗P ≤ 0.001; ∗∗∗∗P ≤ 0.0001.




Rcf1 – Supercomplex Association Is Dependent on Carbon Source

The association of Rcf1 and Rcf2 with supercomplexes combined with the opposing effects of Rcf1 and Rcf2 on cytochrome c oxidase activity raised the question whether these interactions are dependent on the working load of the respiratory chain. To address this question, we isolated mitochondria from cells grown on fermentative medium (YPD) and non-fermentative medium (YPG), separated complexes via BN-PAGE and analyzed co-migration of Rcf1 and Rcf2 with supercomplexes on 2D polyacrylamide gels followed by Western blotting and immuno decoration (Figure 4). As expected, mitochondria grown on respiratory medium showed a higher protein level of respiratory chain complexes than mitochondria grown on fermentable medium. Supercomplexes as well as monomeric cytochrome c oxidase were identified on both carbon sources (indicated by Cox2, Cox12, and Cox13), but a clear shift from cytochrome c oxidase to supercomplexes was observed under respiratory conditions. Additionally, Rcf1 and Rcf2 shifted into supercomplexes. Since Rcf1 as well as Rcf2 interact with monomeric cytochrome c oxidase, the combined shift was expected. Nevertheless, comparatively more Rcf1 (fold change of ∼2.5) and Rcf2 (∼3.7) shifted into supercomplexes than cytochrome c oxidase (∼1.4) under respiration. This result indicates that the Rcf proteins are recruited to cytochrome c oxidase under growth conditions, in which the respiratory chain has a higher workload.
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FIGURE 4. Rcf1 and Rcf2 associate with supercomplexes depending on working load of respiratory chain. (A) Mitochondria isolated from cells grown in fermentable (YPD) or non-fermentable medium (YPG) were solubilized in 2% digitonin, separated using BN-PAGE followed by 2D SDS-PAGE, Western blot and immuno decoration. (B) Based on the 2D analysis, the amount of the respective subunit of cytochrome c oxidase or the amount of the proteins Rcf1 and Rcf2 residing in the supercomplexes was calculated in respect to the total subunit amount. While the cytochrome c oxidase subunits slightly shift into the supercomplexes (fold change of ∼1.4), Rcf1 and Rcf2 shift strongly into supercomplexes (∼2.5 and ∼3.7, respectively). The Western blot signals were analyzed using the software OriginPro (the standard errors were calculated from a sample size of n = 3). (C) Model of protein distribution due to different carbon sources. Under fermentable conditions (YPD) cytochrome c oxidase subunits (Cox2, Cox12, and Cox13) are shifted to the monomeric complex or a free form while under respiratory conditions (YPG) cytochrome c oxidase shifts into supercomplexes. Rcf1 and Rcf2 follow the trend but in a higher amount. T, total; SC, supercomplexes; I, intensity of developed western blot.




The Rcf1 Hig-Domain Is Sufficient to Perform Rcf1 Function

Rcf1 consists of the conserved Hig-domain and a fungi-specific C-terminus. To identify the function of the individual domains, we constructed strains expressing either full length Rcf1 (Rcf1), only the conserved Hig-domain without the C-terminus (Rcf1ΔC) or only the proposed soluble C-terminus including a mitochondrial targeting signal and a membrane anchor (Rcf1ΔN; Figure 5A). All Rcf1 variants were tagged with a FLAG-tag. Steady state analysis of the Rcf1 variants showed that truncation of the C-terminus led to reduced levels of Rcf1ΔC, while Rcf1ΔN was expressed similar to wild type levels (Figure 5B). Use of the antibody against Rcf1 showed degradation products with the same pattern in Rcf1 full-length and truncation variants. These degradation products were not visible using the antibody against the FLAG-peptide. Therefore, the degradation products most likely originated from degradation of the FLAG-tag and not from the Rcf1 protein itself. Next, we monitored the respiratory ability of the strains performing a growth test at normal conditions (30°C) and at stress conditions (37°C). As expected from former experiments (Figure 1A), the growth phenotype in the absence of Rcf1 at normal conditions was minor, while at 37°C a strong growth defect was observed in the absence of Rcf1 as well as in the presence of only the C-terminus of Rcf1 (Rcf1ΔN). Interestingly, comparably low amounts of Rcf1ΔC were sufficient to sustain normal respiratory growth even during stress conditions (Figure 5C) indicating that the conserved Hig-domain is sufficient to perform the function of the full-length protein. Next, we analyzed the impact of the different domains on the activity of cytochrome c oxidase (Figure 5D). In line with the growth phenotype, Rcf1ΔN caused a similar loss of activity as observed in the absence of Rcf1, while cells expressing Rcf1ΔC showed almost the same activity as if full-length Rcf1 is expressed. Comigration assays showed that Rcf1ΔN lost the ability to interact with supercomplexes, while small amounts still comigrate with cytochrome c oxidase (Figure 5E; green arrows indicate comigration, red arrows show loss of comigration). On the other hand, even at overall lower protein levels, Rcf1ΔC still comigrated with supercomplexes as well as cytochrome c oxidase. These results indicate that small amounts of the Hig-domain (Rcf1ΔC) are sufficient to perform the molecular function of Rcf1, allowing to sustain respiratory growth even under stress conditions.
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FIGURE 5. The conserved Hig-domain of Rcf1 fulfills Rcf1 function. (A) Schematic view of truncation constructs tagged with a FLAG-tag: full-length Rcf1 (Rcf1), Rcf1ΔN (C-terminus of Rcf1 fused to Cyb2 membrane domain) and Rcf1ΔC (Hig-domain). (B) Steady state protein levels of strains expressing full-length Rcf1FLAG (Rcf1; 25 kDa), Rcf1ΔN (23 kDa), Rcf1ΔC (20 kDa) or no Rcf1 (rcf1Δ). Mitochondria were solubilized and analyzed using SDS-PAGE followed by Western blot and immunodecoration against Rcf1 and FLAG-peptide. Decoration against Rcf1 shows degradation products which are not visible by decorating against the FLAG-peptide indicating degradation of the FLAG-tag and not the Rcf1-protein itself. (C) A 10-fold dilution series of strains grown in YPD to logarithmic phase was spotted on YPD and YPG plates and incubated at 30°C and 37°C. Loss of the Hig-domain (Rcf1ΔN) induces a similar growth defect as loss of the entire protein while loss of the fungi specific C-terminus (Rcf1ΔC) does not affect growth. This growth phenotypes indicate that the conserved Hig-domain (present in Rcf1ΔC) is sufficient to support respiratory growth. (D) Oxygen consumption measurements to determine activity of cytochrome c oxidase activity in truncated mutants. As expected from the growth assay, loss of the Hig-domain (Rcf1ΔN) led to almost 40% decrease in activity, similar to rcf1Δ, while loss of the C-terminus (Rcf1ΔC) showed no effect on the complex activity. (E) Truncated mutants were analyzed with BN-PAGE and subsequent 2D SDS-PAGE followed by Western blot and immuno decoration against Cor2, Cox2, and Rcf1. While the C-terminus (Rcf1ΔN) can only comigrate weakly with cytochrome c oxidase (green arrow) but not with the supercomplexes (red arrows), the Hig-domain (Rcf1ΔC) retains the function to interact with cytochrome c oxidase as well as supercomplexes (green arrows). T, total; III2IV2, III2IV, forms of supercomplexes; III2, dimer of bc1 complex; IV, cytochrome c oxidase. n.s., P > 0.05; ∗P ≤ 0.05; ∗∗P ≤ 0.01; ∗∗∗P ≤ 0.001; ∗∗∗∗P ≤ 0.0001.




Rcf1 Interacts With Cox3

Previous studies showed an interaction between Rcf1 and Cox3 during assembly (Su et al., 2014; Garlich et al., 2017). Therefore, we asked whether this interaction persists in fully assembled cytochrome c oxidase. We employed chemical crosslinking to follow these interactions. Purified mitochondria were incubated with a range of chemical crosslinking reagents, varying in length and reactivity. Proteins were extracted and separated via SDS-PAGE followed by Western blotting and immuno decoration to analyze the crosslink products. This approach yielded a range of crosslink products with Rcf1 (Figure 6A). These products neither contained Rcf2 nor were they dependent on the presence of Rcf2 (Figure 6B). To exclude that the crosslink products detected were crosslinks within a potential Rcf1 dimer (Zhou et al., 2018), we compared wt and Rcf1FLAG-tagged strains using the chemical crosslink approach (Figure 6C). In this way, a shift of the crosslink product by 12 kDa (2 × FLAG-tag) was expected for a Rcf1 dimer in the tagged strain. Since only a shift of 6 kDa was observed, no crosslink product was a dimer of Rcf1FLAG. The strongest crosslink products were detected using the crosslink reagent SMPB [succinimidyl 4-(p-maleimidophenylbutyrate)]. Next, we asked whether the detected crosslink products were specific for association of Rcf1 to cytochrome c oxidase or supercomplexes. Therefore, we used mitochondria expressing Rcf1FLAG (Rcf1), chemically crosslinked the proteins and separated the complexes using BN-PAGE (Figure 6D). The regions containing cytochrome c oxidase or supercomplexes were excised and separated on SDS-PAGE, followed by Western blotting and immuno decoration. The observed crosslink pattern was identical for cytochrome c oxidase and supercomplexes indicating that Rcf1 binds to the same sites when cytochrome c oxidase is free or associated in supercomplexes (Figure 6E).
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FIGURE 6. Interaction partners and interaction sites of Rcf1. (A) Proteins in purified mitochondria were chemically crosslink followed by protein extraction, SDS-PAGE, Western blotting and immuno decoration against Rcf1. Use of different crosslink reagents (differences in reactive group and length) showed that Rcf1 has multiple interaction partners. The controls (-, DMSO) show cross reactions of the Rcf1 antiserum, which was considered during analysis in this and the following blots. (B) Chemical crosslink studies were performed as described in (A) with the crosslink reagent SMPB in the presence and absence of either Rcf1 or Rcf2 showed that the crosslink products were independent of Rcf2. (C) Chemical crosslink studies of Rcf1 or Rcf1FLAG with SMPB and BMH showed that all crosslink products of Rcf1 shift only 6 kDa (green lines), indicating that none of the crosslink products are self-crosslinks of a Rcf1 dimer. (D) Crosslinked (SMPB “+”) and non-crosslinked (SMPB “–“) mitochondria were solubilized in 2% digitonin and separated using BN-PAGE. The pattern of the supercomplexes was not affected by the crosslink. (E) As indicated in (D) gel samples containing either supercomplexes (SC) or cytochrome c oxidase (CIV) as well as total mitochondria fraction (T) were loaded on a polyacrylamide gel followed by transfer to a nitrocellulose membrane and immuno decoration. The crosslink pattern shows the same crosslink products in supercomplexes as in cytochrome c oxidase (green arrows). (F) Chemical crosslink studies with SMPB (DMSO as control) using the truncation mutants show interactions of both N- and C-termini with Cox3. The antibody against the FLAG-peptide showed unspecific binding in the control (DMSO), which was considered during analysis. (G) Model of Rcf1 binding to Cox3 of cytochrome c oxidase (adapted from PDB ID: 6HU9). We propose that Rcf1 either directly modulates the active site in Cox1, which is adjacent to Cox3, or Rcf1 modulates the lipid cleft and, thus, the active site through interaction with TM helices of Cox3.


As next step contact sites of Rcf1 with Cox3 were established using the strains expressing either full-length Rcf1 (Rcf1), only the Hig-domain (Rcf1ΔC) or only the C-terminus (Rcf1ΔN). All proteins were tagged with a FLAG-tag. Using this approach, we found that the cytochrome c oxidase subunit Cox3 interacts with Rcf1 (Figures 6F,G), in line with previous results (Strogolova et al., 2012; Su et al., 2014). Surprisingly, both the Hig-domain and the C-terminus interacted individually with Cox3 indicating a strong interaction with the full-length protein.



DISCUSSION

The supramolecular assembly of respiratory chain complexes to form supercomplexes and respirasomes has fueled intensive research into the function and biogenesis of these structures. Rcf1 and Rcf2 have been identified as components of the supercomplexes in yeast, comprised of the bc1 complex and cytochrome c oxidase. Several functions for Rcf1 and Rcf2 have been proposed, ranging from assembly factors for supercomplexes to being subunits of cytochrome c oxidase (Chen et al., 2012; Strogolova et al., 2012; Vukotic et al., 2012; Rydström Lundin et al., 2016; Garlich et al., 2017; Schäfer et al., 2018a). Here, we studied the physiological significance of Rcf1 and Rcf2 and their molecular interactions as they occur in mitochondria (Figure 7). It was initially proposed that Rcf1 and Rcf2 are subunits of cytochrome c oxidase (Vukotic et al., 2012). However, we showed that the amount of supercomplexes purified via Rcf1FLAG or Rcf2FLAG was lower than when purified via a cytochrome c oxidase subunit (Cox6FLAG). These data combined with deletion studies (Figures 1B,C) indicate that subpopulations of supercomplexes exist, a population interacting with Rcf1 and Rcf2 simultaneously and other subpopulations that interact separately with Rcf1 or Rcf2 or lack any Rcf protein. We furthermore showed the lower steady-state protein levels of Rcf1 and Rcf2 compared to cytochrome c oxidase subunit Cox4. Moreover, Cox4 almost exclusively assembles into the cytochrome c oxidase complex, while Rcf1 and Rcf2 associate, in addition to cytochrome c oxidase, also with other protein complexes and can even exist in free forms. These Rcf1-containing complexes are established through molecular interaction of Rcf1 with Cox3, Aac2 (Strogolova et al., 2012) and likely other proteins. Results reported here demonstrate that both the conserved Hig-domain encompassing two transmembrane helices as well as the yeast-specific C-terminal domain participate in these interactions.
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FIGURE 7. Model of Rcf1 and Rcf2 modulating cytochrome c oxidase upon metabolic changes. Rcf1 positively modulates cytochrome c oxidase activity while Rcf2 has a negative effect. Upon a high working load of the respiratory chain under non-fermentable conditions (YPG) Rcf1 and Rcf2 shift overproportional into supercomplexes compared to a slight shift of cytochrome c oxidase subunits. Therefore, we speculate that the respiratory chain must be tightly regulated or has higher need of repair under a high working load. Structures are adapted from PDB ID: 6HU9.


As described previously (Chen et al., 2012; Strogolova et al., 2012; Vukotic et al., 2012), Rcf1 and Rcf2 comigrate with supercomplexes and cytochrome c oxidase. Importantly, supercomplex formation was only slightly affected in the absence of Rcf1 and the combined loss of Rcf1 and Rcf2, but not affected in the absence of only Rcf2. Furthermore, we showed that the cytochrome c oxidase subunits Cox12 and Cox13 still assemble into cytochrome c oxidase as well as supercomplexes, which was not observed previously (Strogolova et al., 2012; Vukotic et al., 2012). However, the mild assembly defects of supercomplexes in the absence of Rcf1 cannot explain the growth defect in absence of Rcf1 or both Rcf1 and Rcf2.

To further investigate the impact of loss of the Rcf proteins on respiration, we analyzed expression levels and activities of the individual complexes. Absence of either Rcf1 or Rcf2 did not affect levels of bc1 complex subunits, cytochrome c oxidase subunits or the respective other protein. However, loss of Rcf1 led to a severe decrease in cytochrome c oxidase activity, while loss of Rcf2 led to an increase. These results indicate that Rcf1 and Rcf2 may function as modulators of cytochrome c oxidase, where Rcf1 stimulates the enzyme, while Rcf2 inhibits its activity. In this way, cytochrome c oxidase may react to different energy demands within the cell. In line with our findings, HIGD1A, a mammalian homolog of Rcf1, was shown to be a modulator of the cytochrome c oxidase in neonatal rat cardiomyocytes (Hayashi et al., 2015). Earlier studies showed that in the absence of Rcf1, different populations of cytochrome c oxidase exist (Rydström Lundin et al., 2016; Garlich et al., 2017; Schäfer et al., 2018a, b), namely a population with fully functional cytochrome c oxidase and a population with a less active, structurally impaired enzyme. Furthermore, Rcf1 and Rcf2 are not stoichiometric subunits of cytochrome c oxidase as shown in this study. Since we determine the activity of the entire population these measurements underestimate the effect of the absence of Rcf1 or Rcf2 on the afflicted subpopulation of cytochrome c oxidases. We propose that Rcf1 modulates the activity by either binding to monomeric cytochrome c oxidase or when the protein is found in respiratory supercomplexes. To ensure optimal respiration, the cell might be able to steer only the fully functional oxidase population into supercomplexes. However, oxidase can still accumulate in the absence of Rcf1, but a significant fraction is structurally changed (Schäfer et al., 2018b).

How could Rcf1 modulate oxidase function? We hypothesize that Rcf1, by binding to Cox3, can modulate the active site found in Cox1 in two principal ways. First, Rcf1 could directly interact with the TM helices of Cox1 around the catalytic site, influencing their structure. This is in line with a previously described structural change in the environment around the catalytic site (Rydström Lundin et al., 2016; Schäfer et al., 2018a, b). Alternatively, Rcf1 could bind to the TM helices of Cox3 to induce structural changes in the lipid cleft. According to the yeast supercomplex structure (Hartley et al., 2019), this cleft contains phosphatidylethanolamine. Furthermore, Varanasi et al. (2006) showed an interaction between the active site (CuB) and the lipids residing in the clefts in Rhodobacter sphaeroides. Consequently, Rcf1 could change the environment of PE in a way that the activity of cytochrome c oxidase changes. Interestingly, in yeast, Cox3 is positioned on the opposite site of the supercomplex interface consisting of Cox5 and Cor1 (Hartley et al., 2019; Rathore et al., 2019), questioning the earlier proposed function of Rcf1 to physically mediate supercomplex formation (Chen et al., 2012; Strogolova et al., 2012; Vukotic et al., 2012; Rydström Lundin et al., 2016). Moreover, Rcf1 and Rcf2 preferentially associate with supercomplexes under respiratory growth conditions. This might indicate that in a state when the cell depends on respiration and the working load for the respiratory chain is high, Rcf1 and Rcf2 interact with subpopulations of cytochrome c oxidase to maintain the protein in a functional state.



MATERIALS AND METHODS


Strain Construction

All S. cerevisiae strains (Supplementary Table 1) were isogenic to BY4741 (MATa; ura3Δ0; leu2Δ0; his3Δ1; met15Δ) except of strains containing His-tagged proteins which were isogenic to W303a (MATa; leu2-3,112 trp1-1 can1-100 ura3-1 ade2-1 his3-11,15). The rcf1Δ and rcf2Δ were acquired from euroscarf. To construct rcf1rcf2ΔΔ the RCF1 gene in rcf2Δ was replaced by a URA3 cassette using homologous recombination. All proteins except of Rcf1 were FLAG-tagged genomically using homologous recombination. The FLAG-tag including a URA3 selection cassette was amplified from pYM28-FLAG. All proteins were His-tagged genomically. The His10-tag including a TRP1 selection cassette was amplified from pYM29-His10 (Supplementary Table 2). The integrative plasmid pRS403 Rcf1FLAG and its truncated versions (see plasmid construction) were integrated into the rcf1Δ strain to express Rcf1FLAG and Rcf1ΔC under its endogenous promoter while CRcf1ΔN was expressed under Cyb2 promoter.



Plasmids

To construct pRS403 Rcf1FLAG, first, the FLAG-tag including a linker region and a terminator was amplified from pYM28-FLAG and cloned into pRS403 using the restriction sites EcoRI and XhoI. Subsequently, Rcf1 including the endogenous promoter but missing the stop codon was amplified from gDNA (BY4741 wt) and inserted into the plasmid using the restriction sites NotI and EcoRI. To construct Rcf1ΔC the promoter region and part of Rcf1 (residues 1 to 95) was amplified and from gDNA (BY4741 wt) and cloned into pRS403-FLAG using NotI and EcoRI. To construct Rcf1ΔN only part of Rcf1 was amplified (residues 86 to 159) and cloned into pRS403-FLAG with the restriction enzymes SmaI and EcoRI. As membrane anchor the N-terminal membrane domain of Cyb2 (residues 1 to 76) including its promoter was amplified and inserted into pRS403-Rcf1ΔN_FLAG with the restriction enzymes NotI and SmaI. Primers are listed in Supplementary Table 2.

To integrate the plasmid into the yeast genome it was cut within the HIS gene with NheI.



Growth Analysis

To analyze the respiratory capacity of strains lacking Rcf1, Rcf2 or both proteins, strains were grown in YPD (1% yeast extract, 2% peptone, 2% glucose) at 30°C to logarithmic phase and cells were harvested at OD600 0.5. A 10-fold serial dilution was spotted on synthetic medium plates containing glucose or glycerol (0.17% yeast nitrogen base, 0.5% ammonium sulfate, all amino acids, 2% glucose or 2% glycerol, respectively). The plates were incubated at 25°C, 30°C, and 37°C. The same procedure was followed for strains expressing full-length Rcf1 or truncated mutants except cells were spotted on YPD and YPG plates (1% yeast extract, 2% peptone supplemented with 2% glucose or 2% glycerol).



Mitochondrial Isolation

Strains were grown in YPD/YPGal/YPG (1% yeast extract, 2% peptone, 2% glucose/2% galactose/2% glycerol) to logarithmic phase, harvested (5 min, 4000 rpm), washed with dH2O and incubated in MP1 buffer (2 ml/g cell wet weight; 0.1 M Tris–base, 10 mM dithiothreitol) for 10 min at 30°C. Subsequent washing of the cells (1.2 M sorbitol) and incubating in zymyolase buffer (6.7 ml/g cell wet weight; 20 mM KPi pH 7.4, 0.6 M sorbitol, 3 mg/g cell wet weight zymolyase 20T [Seikagaku Biobusiness, Tokyo, Japan]) for 60 min at 30°C yielded in spheroplasts. Spheroplasts were harvested, resuspended in homogenization buffer (13.4 ml/g cell wet weight; 10 mM Tris pH 7.4, 0.6 M sorbitol, 1 mM EDTA, 1 mM PMSF) and homogenized (teflon plunger in a tight fitting homogenizer (Sartorius Stedim Biotech S.A., Aubagne, France). Using differential centrifugation first cell debris was separated from the supernatant containing mitochondria (5 min, 4000 rpm) to then harvest mitochondria (15 min, 10 000 g). Mitochondria were resuspended in isotonic buffer (0.6 M Sorbitol, 20 mM HEPES pH 7.4; 10 mg/ml), shock frozen in liquid nitrogen and stored at −80°C.



BlueNative-PAGE Analysis Including Subsequent Western Blot or 2D SDS-PAGE

Mitochondria were resuspended in solubilization buffer (2% digitonin/DDM = 2 mg digitonin/DDM per mg protein) and incubated on ice for 10 min. The samples were centrifuged (7 min, 25 000 g), the supernatant was saved and mixed with 0.5% sample additive (NativePAGETM 5% G-250 Sample Additive; Thermo Fisher Scientific). The samples were loaded (100 μg per sample) on a 3–12% NativePage Bis-Tris gel (Thermo Fisher Scientific) using NativePAGETM 1X Running Buffer as anode buffer and NativePAGETM 1X Running Buffer supplemented with 0.02% Coomassie G-250 as cathode buffer (Thermo Fisher Scientific). The gel was run until 1/3 of the gel at 150 mV, then the cathode buffer was exchanged to NativePAGETM 1X Running Buffer and the gel was run until the end at 250 mV. Subsequently, the gel was either transferred to a PVDF membrane (Bio-Rad; 100° mA, 90° min) or a second dimension denaturing polyacrylamide gel was run. For the second dimension each sample lane was cut out of the gel entirely or partly, incubated 20 min in running buffer containing 100 mM DTT and inserted in a 90° angle in a denaturing polyacrylamide gel (16% acrylamide, 0.2% bisacrylamide; 30 mA, 50 min). The proteins were subsequently transferred to a nitrocellulose membrane (AmershamTM Protran® Premium Western blotting membranes). Antibodies were prepared in 5% milk dissolved in TBS.



Protein Steady States

Cells were grown in YPGal (1% yeast extract, 2% peptone, 2% galactose) and harvested at exponential or stationary phase. Proteins were extracted using alkaline lysis (0.1 M NaOH incubated 5 min, RT; centrifugation: 14 000 rpm, 2 min). The pellet was resuspended in reducing sample buffer (50 mM Tris–HCl pH 6.8, 2% SDS, 10% glycerol, 100 mM DTT). Samples were loaded on 16% polyacrylamide, 0.2% bisacrylamide gels (30 mA, 50 min) and transferred to nitrocellulose membranes (AmershamTM Protran® Premium Western blotting membranes).



Enzyme Assays

Mitochondria were resuspended in solubilization buffer (50 mM Tris, 150 mM KCl, 1 mM EDTA, 1x complete, 1 mM PMSF, 2% digitonin) and after a clarifying spin the supernatant was used for the respective experiment.

To measure bc1 complex activity 5 μg of mitochondrial supernatant was added to 50 mM Tris, 50 μg cytochrome c, 1 mM KCN (to block cytochrome c oxidase) and 0.24 mM reduced decylubiquinone (DQH2). The change in absorbance of cytochrome c at 550 nm was monitored. The reaction was stopped by adding 0.36 mM antimycin. The activity was normalized to bc1 complex content determined by spectral analysis (ε562–575 = 28.5 mM–1 cm–1).

Oxygen consumption by cytochrome c oxidase was measured using a Clark-type electrode. A baseline was recorded for buffer (50 mM Tris, pH 7.4, 100 mM KCl, 100 μM EDTA) with 5 mM ascorbate, 0.5 mM TMPD. To start the reaction, 250 to 500 μg of lysed mitochondrial supernatant and cytochrome c (25 μM) was added. Oxygen consumption rates were normalized to the amount of cytochrome c oxidase (ε603–621 = 26 mM–1 cm–1).

To measure the coupled activity of bc1 complex and cytochrome c oxidase a baseline was recorded for buffer (50 mM Tris, pH 7.4, 100 mM KCl, 100 μM EDTA) with DQH2 (2 μM). Addition of 250 to 500 μg of mitochondrial supernatant and cytochrome c (25 μM) started the reaction. Oxygen consumption was measured using a Clark-type electrode. The activity was normalized to the amount of cytochrome c oxidase (ε603–621 = 26 mM–1 cm–1).



Chemical Crosslink

Mitochondria were incubated with isotonic buffer (0.6 M Sorbitol, 20 mM HEPES pH 7.4) containing either DMSO as control or the respective crosslink reagent (cf = 200 μM) dissolved in DMSO for 30 min at 30°C. The reaction was quenched with either Tris pH8 (cf = 100 mM) or β-mercaptoethanol (cf = 100 mM) or both depending on the reactive group of the crosslink reagent. The crosslinking products were analyzed directly or after purification on denaturing polyacrylamide gels. The following crosslink reagents were used in this study: SMPB (succinimidyl 4-(p-maleimidophenyl)butyrate), AMAS (N-α-maleimidoacet-oxysuccinimide ester), BMH (bismaleimidohexane), BMOE (bismaleimidoethane), EGS [ethylene glycol bis (succinimidyl succinate)] and DSS (disuccinimidyl suberate). All reagents were purchased from ThermoFisher scientific.
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Aim: Guanidinoacetate N-methyltransferase (GAMT) is the second essential enzyme in creatine (Cr) biosynthesis. Short-term Cr deficiency is metabolically well tolerated as GAMT–/– mice exhibit normal exercise capacity and response to ischemic heart failure. However, we hypothesized long-term consequences of Cr deficiency and/or accumulation of the Cr precursor guanidinoacetate (GA).

Methods: Cardiac function and metabolic profile were studied in GAMT–/– mice >1 year.

Results: In vivo LV catheterization revealed lower heart rate and developed pressure in aging GAMT–/– but normal lung weight and survival versus age-matched controls. Electron microscopy indicated reduced mitochondrial volume density in GAMT–/– hearts (P < 0.001), corroborated by lower mtDNA copy number (P < 0.004), and citrate synthase activity (P < 0.05), however, without impaired mitochondrial respiration. Furthermore, myocardial energy stores and key ATP homeostatic enzymes were barely altered, while pathology was unrelated to oxidative stress since superoxide production and protein carbonylation were unaffected. Gene expression of PGC-1α was 2.5-fold higher in GAMT–/– hearts while downstream genes were not activated, implicating a dysfunction in mitochondrial biogenesis signaling. This was normalized by 10 days of dietary Cr supplementation, as were all in vivo functional parameters, however, it was not possible to differentiate whether relief from Cr deficiency or GA toxicity was causative.

Conclusion: Long-term Cr deficiency in GAMT–/– mice reduces mitochondrial volume without affecting respiratory function, most likely due to impaired biogenesis. This is associated with hemodynamic changes without evidence of heart failure, which may represent an acceptable functional compromise in return for reduced energy demand in aging mice.

Keywords: cardiac energetics, creatine, energy metabolism, mitochondrial respiration, ventricular function


INTRODUCTION

Creatine (Cr) is a nitrogenous organic acid derived from glycine, L-arginine and S-adenosyl-L methionine in a two-step reaction catalyzed by enzymes L-arginine:glycine amidino transferase (AGAT) in the kidney and guanidinoacetate N-methyltransferase (GAMT) in the liver (Lygate et al., 2013). In organs with high energy demand such as the heart, creatine is taken up by cardiomyocytes via a specific membrane transporter (CrT), whereupon it is interconverted to phosphocreatine (PCr), under the control of creatine kinase (CK). This system functions as a short-term energy buffer, maintains thermodynamically favorable levels of local reactants, and shuttles high-energy phosphates from mitochondria to sites of utilization such as the myofibril (Wyss and Kaddurah-Daouk, 2000; Ingwall and Weiss, 2004; Schlattner et al., 2006; Brosnan and Brosnan, 2007). An impaired PCr/CK system has been implicated in the pathophysiology of heart failure, with key components consistently down-regulated in both human and animal models of heart failure, regardless of etiology (Ingwall and Weiss, 2004; Ventura-Clapier et al., 2004; Lygate et al., 2007).

However, whether such changes have a causative role for the development of contractile dysfunction has been a matter of debate (Neubauer, 2007). One way to address this question is to determine whether loss-of-function models recapitulate a heart failure phenotype. Feeding the creatine analog β-guanidinopropionic acid (β-GPA) to rats has a profound effect on energetic parameters including mitochondria, but the effect on contractile function has been equivocal (e.g., Shoubridge et al., 1985; Kapelko et al., 1988; Mekhfi et al., 1990; Neubauer et al., 1999). However, creatine analogs have many limitations, such as pharmacological off-target effects, and slow and incomplete creatine depletion. Genetic loss-of-function mouse models circumvent these limitations and provide a unique approach to assess the functional significance of the PCr/CK system.

The creatine biosynthetic enzymes are not expressed in the heart and therefore require global knockout. AGAT–/– mice have undetectable levels of creatine and PCr with impaired in vivo contraction and relaxation at rest. However, most of this phenotype was attributable to homoarginine rather than creatine deficiency (Faller et al., 2018). GAMT knockout mice (GAMT–/–) fed a creatine-free diet have a chronic, and absolute, deficiency of creatine and PCr (Schmidt et al., 2004; Lygate et al., 2013), although they accumulate the creatine precursor guanidinoacetate (GA), and phospho-guanidinoacetate (PGA). GAMT–/– mice have a whole-body phenotype of greatly reduced body weight, due to both lower fat and muscle mass, which can also confound interpretation. We have previously shown that GAMT–/– mice have normal LV ejection fraction up to 1 year of age (Schneider et al., 2008), but with mildly reduced systolic pressure development (Ten Hove et al., 2005b). Under conditions of maximal β-adrenergic stimulation, contractile reserve is reduced and GAMT–/– mice show impaired functional recovery from ischemia, in keeping with the prevailing view that the PCr/CK system is particularly important under conditions of high workload and acute stress (Wyss and Kaddurah-Daouk, 2000; Ingwall and Weiss, 2004). However, when GAMT–/– mice were subject to chronic myocardial infarction, these defects were not sufficient to negatively impact on survival, in vivo cardiac function, or LV structural remodeling, suggesting that loss of creatine does not exacerbate contractile dysfunction in heart failure (Lygate et al., 2013).

The current study was borne out of the observation that LV hemodynamic parameters in GAMT–/– declined beyond 1 year of age compared to our historical data sets. We hypothesized that unidentified compensatory adaptations may allow young adult GAMT–/– hearts to compensate for chronic creatine deficiency, but that these are not sustainable in the long-term. We therefore sought to identify whether metabolic (mal)adaptations develop in the aging (>1 year) GAMT–/– mice. Herein, we show for the first time that prolonged and chronic creatine deficiency results in reduced mitochondrial volume density and a shift in adaptations from energy production to energy saving in older GAMT–/– mice concomitant with a decline in cardiac function. Our study underscores the plasticity and connectivity of energy generating pathways and the need for compensatory strategies to adapt in response to the aging heart.



RESULTS


In vivo Cardiac Function Declines With Age in GAMT–/–

As expected, body weight was very low in 18 month old GAMT–/– mice (Figure 1A), since creatine deficiency results in low skeletal muscle mass and body fat. In vivo LV catheterization demonstrated a hemodynamic profile in GAMT–/– consisting of lower heart rate and LV systolic pressure, reduced pressure generation (dP/dtmax) with prolonged tau of isovolumetric relaxation (Figure 1). Absolute values for these parameters were lower than observed in younger animals collected under identical experimental conditions in our laboratory [previously published in Ten Hove et al. (2005b) and Lygate et al. (2013)], whereas WT values were comparable across studies. It is notable that, LV end-diastolic pressure did not change, nor was there evidence of pulmonary congestion or LV hypertrophy (lung, LV, and RV weights were not elevated; Table 1). This suggests that the decline in function is not associated with a heart failure phenotype and hence we do not observe concomitant mortality at this age (Supplementary Figure 1). This suggests that the decline in function is not associated with a heart failure phenotype.


[image: image]

FIGURE 1. In vivo left ventricular hemodynamic function in WT and GAMT–/– mice at 18 months of age (A) GAMT–/– mice have lower body weight throughout their life. (B) Heart rate, (C) LV systolic pressure (LVSP), (D) LV end-diastolic pressure (LVEDP), (E) maximal rate of pressure rise (dP/dtmax) as a measure of contractility, and (F) time constant of isovolumetric relaxation (tau). N = 12 (5F/7M) per genotype, ∗∗denotes P < 0.01, ∗∗∗∗P < 0.0001 for WT versus KO at the same age by unpaired t-test (A–D,F) and Welch’s t-test (E). All values are mean ± SEM.



TABLE 1. Morphometric parameters and metabolic analysis of aging GAMT–/– mice.
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Metabolic Profile in GAMT–/– Hearts

1H NMRS metabolite analysis of extracted aging GAMT–/– heart tissue confirmed complete depletion of creatine and PCr and the resultant accumulation of GA and PGA (Table 1 and Figure 2A). In the absence of a fully functioning PCr/CK system, we assessed a range of alternative phosphotransfer enzymes, energy stores and metabolic regulators. Young GAMT–/– hearts exhibit reduced CK activity, normal adenylate kinase (AK) activity and elevated activities for glyceraldehyde-3-phosphate dehydrogenase (GAPDH) and pyruvate kinase (PK) (Lygate et al., 2013).
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FIGURE 2. Cardiac energetic profile in >1 year GAMT–/– and wild type mice. (A) Representative 1H-NMR spectra showing metabolomic profile of WT and GAMT–/– heart. Highlighted (dotted line) is the complete absence of PCr and Cr but presence of P-GA and GA in GAMT–/– sample versus WT. Enzyme activities for (B) adenylate kinase (AK) (WT n = 9 5F/4M, GAMT–/– n = 5 2F/3M), (C) creatine kinase – Total (WT n = 15 GAMT–/– n = 12), mitochondrial CK (Mito), MM, MB, and BB isoforms (WT n = 6 GAMT–/– n = 7), (D) glycolytic enzymes glycerlaldehyde-3-phosphate dehydrogenase (GAPDH) (WT n = 9 5F/4M GAMT–/– n = 4 2F/2M), 3-phosphoglycerate kinase (PGK) (WT n = 5 2F/3M GAMT–/– n = 5 2F/3M), pyruvate kinase (PK) (WT n = 9 5F/4M GAMT–/– n = 5 2F/3M), (E) F1F0 ATP Synthase (mitochondrial electron transport chain complex V) (WT n = 4 1F/3M GAMT–/– n = 5 3F/2M), (F) pyruvate dehydrogenase total (PDHt), active (PDHa), and ratio of total to active (PDHt/PDHa) as an indicator of the extent of enzyme complex activation (n = 5/group 3F/2M), and (G) AMPK protein expression (n = 4/group) ∗Denotes P < 0.05, ∗∗P < 0.01, ∗∗∗P < 0.001 for GAMT–/– versus wild type by unpaired t-test. Mouse mean age-84 weeks. All values are mean ± SEM.


In contrast, aging GAMT–/– hearts had 43% higher AK activity compared to age-matched WT (Figure 2B; P < 0.008) but the rest of metabolic profile differences were normalized: CK, GAPDH, PK activities (Figures 2C,D), glycogen content (Table 1 and Supplementary Table 1). Similarly, the maximal activity of F1-ATP synthase was elevated in hearts from young GAMT–/– mice (Supplementary Table 1), but normalized in the aging animals (Figure 2E).

Activity of pyruvate dehydrogenase (PDH) was unchanged irrespective of age (Supplementary Table 1 and Figure 2F), suggesting that oxidative glycolytic contribution to the Krebs cycle was unaltered. The total adenine nucleotide (TAN) pool did not differ between GAMT–/– and WT regardless of age (Table 1 and Supplementary Table 1), nor was there activation of the AMP-activated protein kinase (AMPK), as measured by total AMPKα expression (normalized to total protein WT 0.51 ± 0.07 vs. GAMT–/– 0.47 ± 0.01, P = 0.26) or in phosphorylation status (Figure 2G). Since this is a whole-body knockout, we measured circulating metabolites: lactate, free fatty acids, 3-hydroxybutyrate, high density lipoprotein and markers of muscle damage (lactate dehydrogenase, CK) were not significantly different between genotypes (Table 1). However, both serum and myocardial triacylglycerol content was lower in GAMT–/– vs. WT irrespective of age (Table 1 and Supplementary Table 1), probably reflecting lower total body fat in knockout mice (Lygate et al., 2013).



Impact of GAMT–/– on Mitochondrial Organization and Function

Short-term myocardial creatine depletion is known to impact mitochondrial organization in terms of proliferation, function (Wiesner et al., 1999; Chaturvedi et al., 2010) and shortening of diffusion distances between mitochondria and myofilaments (Kaasik et al., 2001). Thus, electron microscopy was used in 1 year old WT and GAMT–/– hearts (n = 3/group) to determine whether similar changes occur with prolonged creatine deficiency (Figures 3A,B). Diffusion distance (distance between the sarcomere M-line and the nearest mitochondrial outer membrane) was not significantly different between WT (0.54 ± 0.11 μm) and GAMT–/– (0.62 ± 0.23 μm). However, the percentage of cell volume occupied by mitochondria in GAMT–/– mice was lower (Figure 3C) and was corroborated by lower mitochondrial DNA copy number (Figure 3D; P < 0.004), lower activity of mitochondrial CK (Figure 2C) and by an inverse correlation between citrate synthase activity and age in GAMT–/– mice (Figure 3E). Creatine is reported to have direct antioxidant activity (Lawler et al., 2002), whereas GA may generate free radicals (Mori et al., 1996), therefore, GAMT–/– may be more susceptible to oxidative stress. However, no differences were observed in total protein carbonylation or in superoxide production in homogenates from >1 year old hearts (Figures 3F,G). Monoamine oxidases (MAO) are a major source of reactive oxygen species (ROS), generating H2O2 via deamination of intracellular amines (Di Lisa et al., 2009). It is unknown whether creatine or GA are potential substrates that could act to alter H2O2 production. However, this is an unlikely mechanism as both acted as equally effective substrates for MAO A in a cell-free assay and did not affect the preferential utilization of primary amines, e.g., tyramine (Figure 3H).
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FIGURE 3. Mitochondrial phenotype develops with age in GAMT–/– mice (A,B) Representative electron micrographs at 50 week age; 10000× magnification. (C) Stereological analysis shows lower mitochondrial volume density in GAMT–/– compared to WT (n = 3). (D) Mitochondrial DNA copy number in a separate group of mice (WT n = 6, GAMT–/– n = 5). (E) Citrate synthase activity inversely correlates with age in KO, but not in WT mice (n = 14/group 6F/8M). (F,G) Protein carbonylation in LV homogenates from >1 year old mice was not different (n = 7–8) nor were there differences in superoxide production (n = 8). (H) Activity (AUC) of purified monoamine oxidase (MAO) in presence of preferential substrate, tyramine (Tyr), is inhibited by monoamine oxidase inhibitor (MAOI). Creatine (Cr) and guanidinoacetate (GA) are equally good substrates for MAO, but only in the absence of primary amines (n = 30/group). (I) mRNA expression of PGC-1α and its upstream and downstream regulated genes by real-time quantitative PCR in LV from GAMT–/– and WT mice >1 year age (n = 4/group). Fold change normalized to control concentration (WT levels = 1) with propagated errors (SEM). (J) Uncoupling protein 3 (UCP3) expression and representative western blot (n = 4/group 2F/2M). ∗Denotes P < 0.05, ∗∗P < 0.01, ∗∗∗P < 0.001 versus WT by unpaired t-test. Pearson’s correlation coefficient was used to assess the relationship between the variables. Mouse mean age 84 weeks (C–J). All values are mean ± SEM.


PGC1-α is thought to be a master regulator of mitochondrial biogenesis (Finck and Kelly, 2007). In GAMT–/– mice >1 year age, PGC1-α expression was paradoxically up-regulated (2.5-fold), but without accompanying changes in up-stream genes (Sirt1) or down-stream genes involved in mitochondrial biogenesis (Nrf1, Nrf2, PGC1-β, Tfam) (Figure 3I). There was a non-significant trend for increased expression of RIP140 corepressor of nuclear receptors which could act as a brake on PCG1α transcriptional signaling (P < 0.056) (Figure 3I). There were no differences in expression for genes involved in regulating metabolic substrate uptake and utilization (GLUT4, GLUT1, CPT1β, PPARα, PDK4), mitochondrial fission and fusion (Drp1, Fis1, Mfn1, Mfn2, Opa1, Mff), or mitophagy (Parkin and Pink1) (Figure 3I). The expression pattern for young mice is shown in Supplementary Figure 2 and suggests that aberrant PGC1-α signaling develops with age in GAMT–/– hearts. Protein expression of uncoupling protein 3 was up-regulated in aging GAMT–/– hearts, which could reflect mitochondrial proton leak (Figure 3J). However, when mitochondrial oxygen consumption was measured in isolated cardiac-fibers using a range of metabolic substrates, the respiratory control ratios (RCR) were broadly normal (Figure 4).


[image: image]

FIGURE 4. Mitochondrial oxygen consumption. Data from aging GAMT–/– and WT permeabilized LV fibers were normalized to citrate synthase activity to correct for the reduced mitochondrial volume density observed in aging GAMT–/– hearts. The metabolic substrates chosen for mitochondrial respiration were physiological in the presence of a functional Krebs’ cycle intermediate (malate) allowing mitochondrial OXPHOS to proceed normally, providing reduced intermediates (NADH + H+ and FADH2) individually to complexes I (pyruvate) (A) and II (succinate) (B), or combined complex I + II (fatty acid metabolism analogs palmitoyl-carnitine; palmitoyl CoA + carnitine) (C,D) of the respiratory chain allowing the thermodynamic cascade through the Q-cycle and complex III to complex IV and O2. State 2 is basal unstimulated respiration, State 3 is maximal ADP-stimulated respiration, State 4 is oligomycin uncoupled respiration (ATP synthase activity inhibited), RCR is respiratory control ratio (State3/State4) (WT n = 6 3F/3M GAMT–/– n = 9 4F/5M). Mouse mean age 72 weeks. All values are mean ± SEM.


Mitochondrial respiration in the aging GAMT–/– mice was indistinguishable from WT for the whole range of substrates examined when O2 consumption was normalized to citrate synthase activity to control for differences in total mitochondrial volume (Figure 4) or dry fiber weight (Supplementary Figure 3). This includes the ability to utilize fatty acids via both CPT1 dependant and independent fatty acid metabolism intermediates (Figures 4C,D).



Phenotype Rescue by Creatine Supplementation

A key question is whether in vivo functional impairment in GAMT–/– hearts is a consequence of chronic creatine deficiency or due to toxicity from long term GA accumulation? Aging GAMT–/– mice were given normal chow or chow supplemented with creatine monohydrate (0.75% w/w) for 10 days. A small cohort (n = 4) of WT mice were also fed creatine to provide baseline reference values, but were not used in the comparison since we had insufficient aged mice to provide statistical power. Replenishing creatine in GAMT–/– mice did not affect body weight (Figure 5A), but improved hemodynamic parameters, correcting the deficits in LV systolic pressure (Figure 5B) and contractile reserve (Figure 5C) (Supplementary Table 2). Furthermore, creatine replenishment reverted myocardial PGC1-α gene expression to WT levels (Figure 5D). 1H-NMR spectroscopy in LV homogenates (Figure 5E) confirmed that creatine supplementation completely restored myocardial total creatine levels in GAMT–/– mice (Figure 5F). However, tissue concentrations of GA and P-GA were also unexpectedly normalized. Unsupervised principal component analysis (PCA) of all detected metabolites observed good separation between the GAMT Cr-naïve group (GAMT–/–) and the WT and GAMT–/– Cr-fed groups (Figures 5G,H), while the Cr-fed groups were indistinguishable. Therefore, although dietary creatine rescued the hemodynamic and PGC1-α phenotypes, we were unable to disambiguate between creatine-deficiency and GA-toxicity as the causative factor.


[image: image]

FIGURE 5. Dietary creatine supplementation for 10 days normalizes the functional and metabolic phenotype of creatine-naïve GAMT–/– hearts Impact of dietary creatine on (A) Body weight; (B) LV systolic pressure, LVSP; (C) contractile reserve, i.e., increase in dP/dtmax with maximal β-adrenergic stimulation. Dietary creatine supplementation normalizes PGC1-α gene expression (D), concomitant with a return to normal tissue concentrations for guanidinoacetate (GA), phosphoguanidinoacteate (PGA) (Ei,F), creatine and PCr (Eii,F). Unsupervised principal component analysis of 1H NMR derived metabolite concentrations show good separation between GAMT–/– and WT and GAMT–/– Cr-fed groups (G). Metabolite concentrations expressed as fold change compared to WT levels in GAMT–/– and GAMT–/– creatine supplemented hearts (H). (WT n = 4 2F/2M GAMT–/– n = 6 3F/3M GAMT–/– + Cr n = 7 3F/4M). ∗P < 0.05, ∗∗P < 0.01, ∗∗∗P < 0.001 GAMT–/– vs. WT, $GAMT–/– vs. GAMT–/– + creatine by one way ANOVA. Mouse age 60 weeks. All values are mean ± SEM.




Theoretical Consideration of Myocardial ATP Utilization in GAMT–/– Mice

We have shown that aging GAMT–/– hearts have hemodynamic impairment, but without evidence of adverse LV remodeling or congestive heart failure. Since the GAMT–/– hearts are de facto performing less external work, it is useful to ask how this impacts on cardiac energy requirements? This is not straightforward since we have not measured oxygen consumption and the absence of creatine precludes the calculation of free [ADP] from the CK equilibrium reaction and hence ATP flux and ΔGATP are unknown. Instead, we have used our current and historical datasets to calculate external work (minute work), then taken literature values for ATP production rate and ΔGATP in order to calculate the percentage of energy production being used to perform external work (akin to cardiac efficiency and providing similar values (Westerhof, 2000; Table 2). These assumptions are unlikely to be valid for GAMT–/– and we have therefore calculated the energy required to maintain WT “efficiency” and hence the relative energy saved by performing less external work. This suggests that at 18 months of age the energy available from ATP can be 33% lower in KO and they will still be able to maintain their current systolic function. This argues for reduction in external work as an adaptation to chronically impaired energy production and/or utilization.


TABLE 2. Theoretical consideration of cardiac work and energy requirements with age.

[image: Table 2]


DISCUSSION

This is the first study to identify long-term consequences of prolonged creatine deficiency and GA accumulation in the hearts of GAMT–/– mice. We observed a progressive decline in in vivo hemodynamic parameters that was temporally related to reduced mitochondrial cell density, while mitochondrial function was preserved. Myocardial PGC-1α mRNA levels were elevated, but downstream effector genes were not, suggesting dysfunction in the signaling pathway for mitochondrial biogenesis. Previous changes in phosphotransfer pathways observed in young GAMT–/– mice were no longer apparent in aging animals, where instead, we observed an increase in maximal AK activity, suggesting that compensatory adaptations are modified in response to aging. Reintroduction of dietary creatine rescued the in vivo functional deficit and normalized PGC-1α mRNA levels. However, it was not possible to infer causation for creatine deficiency since GA levels were simultaneously normalized, which could also contribute to the phenotypic rescue.


Is the in vivo Functional Decline Pathological or Adaptive?

By 18 months of age GAMT–/– mice exhibit a hemodynamic profile, which consists of lower LV end-systolic pressure, heart rate, and rates of contractility and relaxation compared to age-matched controls. This is in contrast to 6 month old GAMT–/– where only LVSP is reduced, suggesting a progressive decline with age (Ten Hove et al., 2005b). It is therefore tempting to conclude that these mice develop cardiomyopathy, however, the associated pathological changes are absent. For example, LV end-diastolic pressures were normal in aging GAMT–/–, as were RV and lung weights indicating the absence of pulmonary congestion. Nor was there evidence for progressive LV remodeling, since indices of LV hypertrophy have not changed with age and we have previously shown using cine-MRI that LV chamber diameters are not altered at 1 year (Schneider et al., 2008). Nevertheless, due to difference in body weight, GAMT–/– mice do have elevated LV/body weight ratio throughout adulthood. Thus, in GAMT–/– there is relatively more myocardial tissue available to meet the metabolic demands of the body and this may represent an additional compensatory mechanism to long-term creatine deficiency. The observation that GAMT–/– did not increase mortality (Supplementary Figure 1) and the rapid reversal of hemodynamic phenotype with dietary creatine is inconsistent with chronic pathological maladaptation. Instead, we propose that reduced stroke work in GAMT–/– mice represents a compensatory adaptation to reduce energy requirements, and calculate that the GAMT–/– heart requires 33% less energy from ATP to perform their external work (Table 2).

Why then only in aging mice? Mice are considered middle-aged by 1 year and by 18 months are equivalent to 62 human years, having past the reproductive phase and on the cusp of senescence (Dutta and Sengupta, 2016). It is likely that potential adaptations observed in young GAMT–/– mice, e.g., increased glycolytic enzymes (Ten Hove et al., 2005b) are subject to age-related decline and are therefore not sustainable in the long term. For example, myocardial CK activity in rats has been shown to fall by 25% at 16–24 months (Chesky et al., 1980). This may explain why some enzyme activities were normalized in the aging GAMT–/– heart, while others became elevated, since the compensatory response must adapt to the aging heart. In this context, saving energy via reduction in cardiac work may represent an effective compensatory strategy, particularly in sedentary, post-reproductive lab mice, fed ad libitum and housed in stable social groups, where it is essentially consequence-free. Similar hemodynamic alterations have also been described in rats depleted of creatine by β-GPA feeding. These had lower LVSP, dP/dtmax, dP/dtmin, and heart rate at rest and during exercise, yet exercise performance was unaffected, suggesting positive adaptations akin to those seen with endurance training (Adams et al., 1995). These include AMPK activation in sinoatrial cells, which has been shown to lower resting heart rate in order to reduce cardiac energy demand (Yavari et al., 2017). However, our phenotype may have been even more robust if we had studied mice older than 18 months.



Chronic Creatine Deficiency and Mitochondrial Pathology

Creatine is functionally coupled to mitochondrial respiration, while in the hearts of CK knockout mice, the mitochondria are repositioned to minimize ATP diffusion distances (Kaasik et al., 2001). Depletion of intracellular creatine by β-GPA in cultured rat cardiomyocytes results in mitochondria that are morphologically larger and rounder with “paracrystalline inclusions” within the christae (Eppenberger-Eberhardt et al., 1991). Similar mitochondrial morphology was described in skeletal muscle after 6 months of β-GPA feeding in rats (De Tata et al., 1993). However, no such changes in mitochondrial organization or structure were observed in hearts from GAMT–/– mice at 45 weeks of age (Branovets et al., 2013), nor in the present study. Instead, electron microscopy showed lower mitochondrial volume density in knockout heart, which was confirmed by reduced mitochondrial DNA and citrate synthase activity.

An important question is whether this is pathological or adaptive? We did not observe differences in expression of genes involved in mitophagy or in mitochondrial fusion and fission. However, there are several hypothetical mechanisms for increased oxidative damage in GAMT–/– mice, for example, direct generation of hydroxyl radicals by GA has been described (Mori et al., 1996), as has a direct antioxidant effect of creatine, at least in vitro (Lawler et al., 2002; Aksentijevic et al., 2014b). Creatine and/or GA have the potential to modify the two largest sources of cellular ROS, i.e., superoxide anions (O2–) as a by-product of electron-transport chain activity (Cadenas and Davies, 2000), and the production of hydrogen peroxide (H2O2) by amine oxidases (Cadenas and Davies, 2000; Agostinelli et al., 2004).

However, we were unable to detect any difference between WT and GAMT–/– hearts in terms of myocardial O2– generation, protein carbonylation as a marker for cumulative oxidative damage, or in mitochondrial respiration under baseline and stimulated conditions. Although UCP3 expression was elevated in GAMT–/– hearts, this was not reflected in altered RCR. This is in contrast to young GAMT–/– where RCR was impaired with no change in UCP3 expression. This suggests the presence of compensatory adaptations that develop with age, but unfortunately does not provide further mechanistic insight. Finally, we demonstrated for the first time that both creatine and GA are substrates for monoamine oxidase, however, both are equally good substrates and they do not compete significantly with primary amines which are the substrates of choice. Overall our data does not support oxidative stress as a mediator of cardiac mitochondrial pathology in GAMT–/– hearts. Low mitochondrial cell density could also arise from impaired biogenesis. We therefore measured gene expression of the key regulator, PGC1-α, which was paradoxically up-regulated 2.5-fold in GAMT KO mice >1 year, but not in younger mice. However, none of the downstream PGC1-α effector genes were altered, including TFAM, which is involved in mtDNA gene replication (Finck and Kelly, 2007).

In contrast, RIP140, which counteracts the effects of PGC1-α, showed a trend to be higher in knockout hearts. This suggests that aging GAMT–/– hearts have a dysfunction in PGC1-α signaling, i.e., the signal for mitochondrial-biogenesis is switched on, but is not propagated further.



Comparison With Other Models of Creatine Depletion

Our findings are in contrast to previous studies that have depleted creatine by feeding β-GPA. For example, rats treated with β-GPA for 6 weeks had increased mitochondrial cell density in the heart, associated with increased expression of mitochondrial proteins and TFAM (Wiesner et al., 1999). In a similar protocol, β-GPA also stimulated mitochondrial biogenesis pathways in skeletal muscle via activation of AMPK, which lies upstream of PGC1-α, although the effect was modulated in different muscle types by the expression of RIP140 (Williams et al., 2009). It is notable that an increase in mitochondrial biogenesis has also been described in aging skeletal muscle, probably in response to accumulation of mitochondrial DNA mutations and dysfunctional proteins (Herbst et al., 2013). It is suggested that this promotes a vicious cycle, since biogenesis results in more mutations, thereby promoting dysfunction and further biogenesis. If the same thing happens in heart, then the GAMT–/– would be uncoupled from this cycle.

It seems likely that the consequences of creatine depletion depend on whether ATP levels fall, for which the activation of AMPK represents a biomarker. For example, β-GPA feeding increased PGC1-α expression and mitochondrial biogenesis in skeletal muscle of wild-type mice, but not in mutant mice expressing non-functional AMPK (Zong et al., 2002). Notably, myocardial ATP levels are preserved in GAMT–/– hearts and AMPK is not activated (Lygate et al., 2013). This is also true for creatine-free AGAT–/– mice, which exhibit contractile dysfunction, but as a consequence of homoarginine deficiency rather than creatine (Faller et al., 2018). In contrast, ATP is depleted in AGAT–/– skeletal muscle with activation of AMPK, resulting in a severe skeletal muscle pathology that is completely rescued by dietary creatine (Nabuurs et al., 2013; Faller et al., 2018). A fall in myocardial ATP levels has also been described in rat hearts after 12 weeks β-GPA, and although this was associated with adaptations likely to improve energy efficiency, they nevertheless developed cardiac hypertrophy (Mekhfi et al., 1990), which isn’t observed in the genetic models.

Therefore, the preservation of myocardial ATP levels in GAMT–/– and AGAT–/– hearts is likely to reflect chronic compensatory adaptations, when compared to the β-GPA feeding studies, which are relatively short-term, and result in gradual and only partial creatine depletion. However, we cannot rule out a role for differences in the potential toxicity of GA versus β-GPA accumulation.



Creatine Rescue of the Aging GAMT–/– Phenotype

GAMT–/– mice, in common with human GAMT deficiency, have a unique metabolic fingerprint of zero creatine accompanied by chronic GA/P-GA accumulation. The first human case was described in 1994 (Stockler et al., 1994) with ∼80 cases recorded to date (Akiyama et al., 2014; Stockler-Ipsiroglu et al., 2014). It manifests at an early age in the form of developmental delay and neurological symptoms, to an extent that the effect on the heart has not been studied. Notably, human GAMT deficiency is associated with severe epilepsy that does not improve with creatine-supplementation, but does respond to GA lowering strategies (Schulze, 2003). This has been confirmed in GAMT–/– mice, which have a reduced seizure threshold normalized by GA reduction (Schulze et al., 2016). Direct injection of GAA into brain or exposure of brain samples has also demonstrated acute toxicity independent of creatine levels, e.g., increasing acetylcholinesterase activity to modify behavior (Zugno et al., 2008a); reducing antioxidant capacity (Zugno et al., 2008b); inhibition of the Na+, K+-ATPase (Zugno et al., 2003). Our previous work has shown P-GA can be utilized under the extreme conditions of prolonged ischemia, but is regenerated very slowly (Ten Hove et al., 2005b). We measured CK flux using 31P-NMR and showed that while P-GA does accumulate in GAMT–/– heart (presumably via participation in the CK reaction), we were unable to detect ATP generation from P-GA suggesting that this is not a rapid or efficient mechanism under non-ischemic conditions (Lygate et al., 2013).

We therefore sought to determine whether the changes we observed in GAMT–/– hearts were driven by chronic creatine deficiency or the toxic effects of GA accumulation. By re-introducing dietary creatine we expected (and indeed observed) a rapid restoration of myocardial creatine levels, since GAMT–/– hearts are known to upregulate the creatine transporter (CrT) (Ten Hove et al., 2008). Over the same timeframe, our expectation was for GA levels to barely change, since we assumed that cellular efflux would be slow and passive as it is for creatine (Wyss and Kaddurah-Daouk, 2000).

However, GA levels fell to undetectable levels, meaning that, although creatine supplementation normalized the hemodynamic profile and PGC1-α gene expression, we were unable to infer causation. We found this outcome highly surprising as we fully expected that within this time-scale creatine levels would go up, while GA levels would barely change, which would have allowed us to assign causation.

With hindsight, we could have attempted phenotypic rescue using dietary ornithine, a competitive inhibitor of AGAT, which has been shown to lower plasma GA levels by 44% over 18 days in GAMT–/– (Schulze et al., 2016). Whether this reduction would be sufficient is moot, but it may feasibly have provided additional insight into GA toxicity.

We have previously estimated creatine efflux from the heart to be 2.7% per day via non-enzymatic degradation (Faller et al., 2018), but GA efflux was evidently much more rapid. While there may be some spontaneous hydrolysis of GA to urea and glycine (which could explain the trend toward elevated glycine in GAMT–/– hearts), there is no known active mechanism for GA degradation as occurs in microorganisms (via guanidinoacetate amidinohydrolase) (Shirokane et al., 1987). GA is a known substrate for the CrT, but it is unlikely to work in reverse under normal physiological conditions (Ten Hove et al., 2005a). However, GA also appears to be a substrate for the taurine transporter, at least at the blood-brain barrier (Tachikawa et al., 2009), so one possibility is the taurine transporter working in reverse to balance the osmotic effect of creatine entry (Han et al., 2006). Creatine also exerts end-product inhibition on AGAT (Derave et al., 2004), which means GA will not be replenished during exogenous creatine supplementation. Finally, in the absence of creatine, a significant proportion of GA is phosphorylated and thereby membrane impermeable, but creatine is the preferred substrate for CK, so as creatine enters there will be progressively less GA in the phosphorylated form.



CONCLUSION

Creatine-deficient GAMT–/– hearts exhibit a blunted hemodynamic profile with age that is associated with reduced mitochondrial cell volume and aberrant PGC1-α signaling. However, it was not possible to differentiate between creatine-deficiency or guanidinoacetate toxicity as causative. Nevertheless, mortality and mitochondrial respiration were normal, and the absence of other markers of cardiomyopathy suggest these changes are ultimately benign. This supports our previous data in genetic mouse models that creatine-deficiency per se does not directly cause heart failure, but suggests that compensatory strategies may adapt to the aging heart. Since the lower cardiac stroke work observed in aging GAMT–/– is energy saving, this may, in fact, represent an acceptable compensatory trade-off in sedentary mice that are past reproductive age.



MATERIALS AND METHODS


Animal Husbandry

Male and female GAMT knockout mice on a pure C57BL/6J OlaHsd genetic background were genotyped as previously described (Schmidt et al., 2004). Breeding was by heterozygous mating to provide littermates as wild type (WT) controls. Post-weaning, GAMT–/– and WT mice were housed separately to prevent creatine absorption via coprophagia. Mice were fed standard chow (naturally creatine-free), water ad libitum and kept in specific pathogen-free conditions, with 12h light–dark cycle at 20–22°C.



Compliance With Ethical Standards

This investigation was approved by the Committee for Animal Care and Ethical Review at the University of Oxford and conforms to the UK Animals (Scientific Procedures) Act, 1986 (Home Office project licence 30/3314), incorporating Directive 2010/63/EU of the European Parliament and conforms to European Convention for the Protection of Vertebrate Animals used for Experimental and other Scientific Purposes’ (Council of Europe No 123, Strasbourg, 1985).



In vivo Cardiac Assessment

Mice aged 72 weeks were anesthetized with 4% isoflurane in medical O2 and maintained on a nose-cone at 1–1.5% for left ventricular (LV) hemodynamic measurements. LV was cannulated via the right carotid artery using a 1.4F Millar micro-tip cannula (SPR-839, Millar Instruments, Houston, TX, United States). Measurements were obtained after 15 min equilibration via a Powerlab 4SP data acquisition system (AD Instruments, United Kingdom) (Aksentijevic et al., 2010). For LV tissue collection, mice were euthanized by intra-peritoneal injection of pentobarbitone 140 mg/kg. At the end of the hemodynamic examination the hearts were removed under deep isoflurane anesthesia.



Electron Microscopy

Hearts were excised from male mice aged 50 weeks (full details in Supplementary Material) and 19–31 fields-of-view from LV (n = 3 WT and GAMT–/–) were analyzed using ImageJ software by a single operator blinded to genotype. Volume fractions were calculated using a standard grid method and expressed as percentage of total cell volume (Weibel et al., 1966).



Mitochondrial Function Experiments

Saponin–permeabilized cardiac fibers isolated from the LV endocardium (age 72 weeks) were used to measure respiration of the total mitochondrial population in situ using a Clark-type oxygen electrode (Strathkelvin Instruments, United Kingdom) (Lygate et al., 2013) (full details in the Supplementary Material).



Metabolic Profile Analysis

Snap frozen heart tissue (mean age 84 weeks) was used for metabolic profiling using previously published protocols: high resolution 1H NMR spectroscopy (Chung et al., 2017), creatine kinase (Aksentijevic et al., 2014b) adenylate kinase (AKtotal, isoforms AK1 and AKremnant) and glycolytic enzyme activities [glyceraldehyde-3-phosphate dehydrogenase (GAPDH), 3-phosphoglycerate kinase (PGK), and pyruvate kinase (PK)] assessments (Aksentijevic et al., 2010), pyruvate dehydrogenase (PDH) assay, myocardial glycogen and triacylglycerol (TAG) content assessment (Aksentijevic et al., 2014a), HPLC analysis of the total adenine nucleotide pool (ATP + ADP + AMP), creatine and phosphocreatine (PCr) (Aksentijevic et al., 2010). Method for the spectrophotometric assessment of maximal F1-ATPase hydrolytic activity in isolated mitochondria was developed for the purpose of this study (Supplementary Material). Plasma was collected from terminally anesthetized non-fasting mice and metabolic profile analyzed as described in Supplementary Material.



In vitro Activity of Monoamine Oxidase A

The potential involvement of creatine and guanidinoacetate in H2O2 production via MAO-A (Sigma Aldrich Poole, United Kingdom) was evaluated using Amplex® red reagent hydrogen peroxide/peroxidase fluorescence assay kit (Invitrogen, Paisley, United Kingdom). It was previously shown that the use of MAO-A substrate tyramine allows evaluation of H2O2 production in substrate concentration dependant manner (Mazzio and Soliman, 2004) and this effect is irreversibly inhibited by phenelzine (Riederer et al., 2004; Youdim et al., 2006; Di Lisa et al., 2009).



Gene and Protein Expression Analysis

Total protein was extracted from snap-frozen LV tissue and analyzed by immunoblotting as described previously (Lygate et al., 2013). For carbonylation, 20 μg of protein were derivatized using a protocol adapted from Divald et al. (2010), as previously reported (Aksentijevic et al., 2014b) (Supplementary Material). Messenger RNA expression levels were tested by qRT-PCR for 3 panels of gene groups, namely mitochondrial biogenesis, metabolic substrate utilization and fusion/fission genes as described in Supplementary Table 3.



Dietary Creatine Supplementation Study

Standard laboratory chow (Teklad global 16% rodent diet) was powdered and re-formed into “cookies” with, or without, addition of creatine monohydrate 0.75% w/w and using a small quantity of water to bind. A cohort of 60 week old GAMT–/– and matching WT controls were first fed creatine-free cookies for 2–3 days to accustom mice to the change in food appearance and texture, then maintained on creatine-free or switched to creatine-supplemented cookies for a further 10 days. Creatine dose was based on Kan et al. (2007) assuming a 20 g mouse eating 4 g chow per day. It is also the dose that was previously shown to correct LV creatine levels in GAMT–/– mice (Lygate et al., 2013). A small number of WT mice were included to determine any effect of creatine-supplementation unrelated to correcting creatine deficiency. At the end of the feeding protocol in vivo LV hemodynamic measurements were performed under isoflurane anesthesia at baseline and with maximal β-adrenergic stimulation using dobutamine 16 ng/g body weight/min as described previously (Lygate et al., 2013).



Data Analysis

All data was analyzed blind to genotype. Comparison between two groups was by Student’s t-test (Gaussian data distribution), Welch’s t-test (non-equal standard deviation distribution) and between 3 groups by one-way analysis of variance (ANOVA) using Bonferroni’s correction for multiple comparisons. Pearson’s correlation coefficient was used to assess the relationship between the variables. Data are presented as mean ± SEM. Statistical analysis was carried out using GraphPad Prism software, v.8.0. Differences were considered significant when P < 0.05.
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Mitochondria convert the chemical energy of metabolic substrates into adenosine triphosphate (ATP) and heat. Although ATP production has become a focal point of research in bioenergetics, mitochondrial thermogenesis is also crucial for energy metabolism. Mitochondria generate heat due to H+ leak across the inner mitochondrial membrane (IMM) which is mediated by mitochondrial uncoupling proteins. The mitochondrial H+ leak was first identified, and studied for many decades, using mitochondrial respiration technique. Unfortunately, this method measures H+ leak indirectly, and its precision is insufficient for the rigorous insight into the mitochondrial function at the molecular level. Direct patch-clamp recording of H+ leak would have a significantly higher amplitude and time resolution, but application of the patch-clamp technique to a small subcellular organelle such as mitochondria has been challenging. We developed a method that facilitates patch-clamp recording from the whole IMM, enabling the direct measurement of small H+ leak currents via uncoupling proteins and thus, providing a rigorous understanding of the molecular mechanisms involved. In this paper we cover the methodology of measuring the H+ leak in mitochondria of specialized thermogenic tissues brown and beige fat.
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INTRODUCTION

The electrical potential and ion transport across the inner mitochondrial membrane (IMM) are central for mitochondrial physiology. The patch-clamp technique revolutionized our understanding of electrical signaling at the cell plasma membrane, leading to the development of important drugs that control the activity of cardiac and neuronal ion channels. However, similar advanced application of the patch-clamp electrophysiology to mitochondria was considered impossible because of their smaller size and intricate morphology.

Only single-channel recording from small membrane patches of the IMM, either in the “membrane-attached” mode or in “inside-out” mode, were routinely used. In contrast, patch-clamp recording from the whole IMM (the whole-IMM mode), which is analogous to whole-cell recording from the plasma membrane, was considered prohibitively difficult. Thus, direct studies of the mitochondrial transport proteins were limited to relatively abundant, large-conductance ion channels that are encountered often and resolved well in the “membrane-attached” or “inside-out” modes. Unfortunately, such ion channels represent only a small fraction of the mitochondrial transport proteins. Even recording and analyzing unitary currents of smaller ion channels such as mitochondrial Ca2+ uniporter (MCU, single-channel conductance ∼5 pS), were difficult and necessitates using supraphysiological concentrations of permeable ions and sylgard-covered pipettes to improve signal-to-noise ratio (Leech and Holz, 1994). Patch-clamp studies of carriers, which perhaps represent the major fraction of all IMM transport proteins, are not possible at all. This is because their transport rates are orders of magnitude slower as compared to channels, and unitary currents cannot be resolved.

An additional, and often overlooked, complication associated with single-channel recording in the membrane-attached or inside-out modes is a very high membrane tension present in small membrane patches under the patch pipette. This tension can be as high as 10–40% of the force required for membrane lysis (Suchyna et al., 2009). Such tension is absent in the whole-cell (or whole-IMM) mode, and an ion activity that requires tension can sometimes be recorded only in the membrane-attached/inside-out modes (Zhang and Hamill, 2000). Because of the unusually high tension, the electrophysiological data obtained from small membrane patches must be treated with caution. Specifically, the ion channels observed may not be active under regular physiological conditions but activated only in certain special/pathological states. Because of its applicability to a large number of transport proteins, better control over membrane tension, and simple analysis of macroscopic currents, the whole-cell patch-clamp has been the dominant method to study plasma membrane ion channels. The membrane-attached or inside-out modes single-channel analysis has been normally used to provide additional mechanistic insight. Therefore, the inability to study mitochondrial ion channels and transporters in the whole-IMM mode was a major technical barrier in bioenergetics.

This barrier has now been eliminated with the development of a method for reproducible patch-clamp recording from the whole native IMM, allowing high-resolution functional analysis of a much larger fraction of mitochondrial ion channels and transporters in their native membrane environment (Kirichok et al., 2004; Fedorenko et al., 2012; Fieni et al., 2012; Bertholet et al., 2017, 2019; Garg and Kirichok, 2019). This method can be applied to mitochondria isolated from different tissues, such as skeletal muscle, heart, kidney, liver, and brown and beige adipose tissues. This technique opens new possibilities for the identification and characterization of the molecular mechanisms underlying the conversion of energy within mitochondria.

The patch-clamp electrophysiology is often equated with the art of formation of the gigaohm seal between the glass patch pipette and the membrane. Although this step is also essential in the whole-IMM patch-clamp, it is far from being sufficient. Gigaom seals between the glass patch pipette and the vesicles of the whole IMM (mitoplasts) form rather easily and were reported as early as in 1987 (Sorgato et al., 1987). This, in principle, opened a possibility of both single-channel and whole-IMM recording, but only single-channels recording from mitoplast was adopted by many labs, while the whole-IMM recording was thought of as impossible. The whole-IMM mode was normally obtained after a spontaneous break-in into the mitoplast (Sorgato et al., 1987; Klitsch and Siemen, 1991), and only one paper appeared to report a controlled break-in (Borecky et al., 1997). Our experience with mitochondrial patch-clamp over years suggests that there are two important reasons for the whole-IMM patch-clamp to be challenging. First, in contrast to the cell, mitoplast has no internal cytoskeleton/organelles and can easily be destroyed by sucking it into the pipette during the break-in, unless the suction during the break-in is very gentle and used in combination with voltage. Second, if IMM integrity is compromised during mitoplast isolation, it is nearly impossible to work in the whole-IMM mode, while recording from the small membrane patches in the membrane-attached or inside-out modes could still work. Therefore, the mitoplast preparation and break-in procedure are crucial for successful whole-mitoplast recording, and our group spend significant amount of time optimizing these steps.

This manuscript focuses on the use of the whole-IMM mitochondrial patch-clamp to study the molecular mechanism of mitochondrial uncoupling in the specialized thermogenic tissues brown fat and beige fat. First, we briefly introduce the concepts of mitochondrial uncoupling and thermogenesis in their connection with the H+ leak across the IMM. We then discuss the specialized thermogenic tissues brown fat and beige fat as well as the molecular mechanisms by which the mitochondrial H+ leak is mediated by the brown/beige fat-specific uncoupling protein 1 (UCP1). Finally, we present a detailed protocol for studying the H+ and fatty acid (FA) anion currents mediated by UCP1 using the whole-IMM mode of the mitochondrial patch-clamp.



ADAPTIVE THERMOGENESIS, H+ LEAK ACROSS THE IMM, AND MITOCHONDRIAL UNCOUPLING PROTEINS

Mammals maintain a core body temperature of about 37°C. The heat to support this body temperature comes from various exothermic reactions. The vast majority of these reactions, grouped under the term “obligatory thermogenesis,” also perform important physiological functions other than heat production, such as protein and DNA synthesis/degradation and re-generation of ionic gradients across neuronal/cardiac membranes (Rolfe and Brown, 1997; Lowell and Spiegelman, 2000). Such reactions cannot be controlled to adjust thermogenesis and core body temperature without negatively affecting the physiology of the whole body.

Obligatory thermogenesis is sufficient to support the core body temperature when the environmental temperature is above 28°C (referred to as thermoneutrality) (Lowell and Spiegelman, 2000). However, when the ambient temperature is below thermoneutrality, engagement of an additional thermogenic mechanism, called “adaptive thermogenesis,” becomes necessary (Lowell and Spiegelman, 2000). In contrast to the obligatory thermogenesis, the exothermic reactions involved in adaptive thermogenesis occur specifically for heat production, and their thermogenic activity can be regulated to precisely control core body temperature. The specialized thermogenic tissues, brown fat and beige fat, are responsible for adaptive thermogenesis. In addition to maintaining core body temperature, adaptive thermogenesis has another important physiological role – regulating adiposity and body weight. Adaptive thermogenesis consumes large amounts of energy from fat depots and reduces their size. Given that there is a huge void in available obesity treatments, the development of pharmacological interventions that stimulate adaptive thermogenesis has the potential to transform this field.

Mitochondria are directly responsible for the adaptive thermogenesis mediated by brown and beige fat. Mitochondria of all tissues generate two forms of energy: ATP and heat. However, the mitochondrial ATP/heat production ratio varies significantly between different tissues. The energy output of mitochondria of the majority of tissues is, on average, about 20% heat and 80% ATP (Rolfe et al., 1999), while mitochondria of the specialized thermogenic tissue brown fat generate primarily heat (Cannon and Nedergaard, 2004). To produce ATP and heat, mitochondria use the same energy source – the voltage (ΔΨ, Figure 1) across the IMM generated by the electron transport chain (ETC). ATP is produced by the ATP synthase, while heat is produced by so-called uncoupling proteins (UCP). Both pass H+ down ΔΨ, but the ATP synthase uses the released energy to generate ATP from ADP and inorganic phosphate, while uncoupling proteins just let the energy dissipate as heat (Figure 1; Krauss et al., 2005). UCPs are named “uncoupling proteins” because they break coupling between the H+ flows via the ETC and ATP synthase. The uncoupling H+ current mediated by UCPs is called “H+ leak.” UCP1, a protein belonging to a superfamily of mitochondrial solute carriers (SLC25), is the mitochondrial UCP of the specialized thermogenic tissues brown and beige fat (Cannon and Nedergaard, 2004; Shabalina et al., 2013; Bertholet et al., 2017). UCP1 expression is limited to these two tissues, and it is required for adaptive thermogenesis (Enerback et al., 1997; Feldmann et al., 2009).
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FIGURE 1. Mitochondrial ATP and heat production in brown/beige fat. Mitochondria have two membranes, the inner mitochondrial membrane (IMM) and the outer mitochondrial membrane (OMM). The IMM contains the energy conversion machinery. The Krebs cycle and electron transport chain (ETC) convert the chemical energy of nutrients into the electrical potential (ΔΨ) across the IMM, which is then converted into ATP or heat. ΔΨ (−160 mV, negative in the mitochondrial matrix) is directly generated by the ETC that pumps H+ across the IMM. ΔΨ is converted into ATP or heat by ATP synthase (AS) or UCP1, respectively.


Brown fat is a specialized thermogenic tissue that makes mammals capable of protecting their core body temperature across a wide range of ambient temperatures (Lowell and Spiegelman, 2000). In contrast to white fat, brown fat is not a fat store. It accumulates fat to “burn” it (use as a fuel for adaptive thermogenesis). Brown adipocytes have numerous small cytoplasmic lipid droplets (such adipocytes are called “multilocular”), while white adipocytes contain one large lipid droplet that takes up almost the entire cytosol (Figure 2). Moreover, brown adipocytes have numerous mitochondria that express UCP1 and specialize in heat production, while white adipocytes do not express UCP1 and have a very low number of mitochondria (Figure 2).
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FIGURE 2. Brown and beige fat. Representative sections of the inguinal fat depot (in two states – with and without beige adipocytes) and interscapular fat depot are shown along with diagrams demonstrating morphological features of brown, white, and beige adipocytes. In the adipocyte diagrams, mitochondria are shown in green, cytoplasmic lipid droplets in yellow, and cell nucleus in gray. Brown adipocytes are characterized by a large number of mitochondria (that give this tissue its brown color) and numerous small cytoplasmic lipid droplets. In contrast, white adipocytes have a very low number of mitochondria and contain a single large lipid droplet that occupies almost all of the cytosol. In thermoneutrality, white adipocytes are the predominant type of adipocyte in the inguinal depot. However, under certain conditions such as cold exposure or injection with β3 adrenergic agonists, the inguinal depot develops beige adipocytes that are morphologically similar to brown adipocytes.


Originally, brown fat was considered the only site of adaptive thermogenesis. However, it was later discovered that under certain conditions, such as prolonged cold exposure, increased sympathetic tone, or physical exercise, white fat develops islands of UCP1-positive adipocytes with the morphology of brown adipocytes. Specifically, similar to brown adipocytes, these adipocytes are “multilocular” and have a large number of mitochondria (Figure 2). These brown-like adipocytes are called beige (or brite) adipocytes (Kozak et al., 2010; Walden et al., 2012; Wu et al., 2012, 2013).

After identification of beige fat as a distinct type of a thermogenic fat, UCP1 was universally used as a marker of beige adipocytes, and it was generally accepted that all beige adipocytes possess the UCP1-dependent mitochondrial thermogenesis. However, direct patch-clamp characterization of H+ leak across the IMM of subcutaneous and abdominal beige fat demonstrated the existence of UCP1-positive and UCP1-negative beige adipocytes (Bertholet et al., 2017).

All mitochondria from subcutaneous (inguinal) beige fat, analyzed with patch-clamp electrophysiology, had UCP1-dependent H+ leak similar to that found in brown fat. In contrast, only about 15% of the mitochondria in abdominal (epididymal) beige fat have the UCP1-dependent H+ leak, with UCP1 currents being undetectable in the remaining 85% (Bertholet et al., 2017). Thus, the mitochondrial patch-clamp analysis revealed a new population of beige adipocytes that do not use UCP1 for thermogenesis (Bertholet et al., 2017). In mice, the UCP1-negative beige adipocytes are abundant in abdominal fat, whereas UCP1-positive beige adipocytes are the predominant type of beige adipocyte in subcutaneous fat.

The UCP1-negative beige adipocytes and UCP1-positive beige adipocytes share significant similarities. They are multilocular, have large mitochondrial network, robust thermogenic gene program and a distinctive OXPHOS profile different from brown fat (Bertholet et al., 2017). Moreover, the UCP1-negative and UCP1-positive beige adipocytes are both capable of heat production via a futile cycle of creatine phosphorylation-dephosphorylation (Bertholet et al., 2017; Roesler and Kazak, 2020). However, UCP1-negative beige adipocytes differ significantly from white adipocytes in thermogenic gene expression, cytoplasmic lipid droplet morphology, and mitochondrial biomass (Bertholet et al., 2017). Thus, the multilocular UCP1-negative beige cells are indubitably a distinct type of thermogenic beige adipocyte.

Despite the existence of UCP1-negative beige adipocytes, UCP1-dependent mitochondrial thermogenesis is the primary mechanism of adaptive thermogenesis. In contrast, the creatine-driven futile cycling is unlikely to be controlled by ambient temperature on an acute basis (Bertholet et al., 2017), and thus, does not contribute to the bona-fide adaptive thermogenesis. Therefore, here we focus on the mechanisms of UCP1-dependent H+ leak and adaptive thermogenesis.



THE MECHANISM OF H+ LEAK VIA UCP1

At thermoneutrality and higher temperatures (28°C and higher), UCP1-dependent adaptive thermogenesis is suppressed. Mechanistically, under these conditions, H+ leak via UCP1 is inhibited by cytosolic purine nucleotides (predominantly by the Mg2+-free form of ATP) (Cannon and Nedergaard, 2004). When the ambient temperature drops below thermoneutrality, UCP1-dependent thermogenesis in brown/beige fat is stimulated by epinephrine released by the sympathetic nervous system. Epinephrine activates β3-adrenergic receptors, leading to hydrolysis of the cytoplasmic lipid droplets and release of free long-chain fatty acids (FA) (Cannon and Nedergaard, 2004). FA then remove purine nucleotide inhibition and activate UCP1 to increase the H+ conductance of the IMM and activate mitochondrial thermogenesis. However, the mechanism by which UCP1 facilitates the FA-dependent increase in H+ conductance remained unresolved (Cannon and Nedergaard, 2004).

Several different models of the FA- and purine nucleotide-dependent activity of UCP1 have been proposed. The principal differences between them are:


(1) Whether or not FA are required for H+ permeation via UCP1. Alternatively, it has been proposed the FA may simply remove purine nucleotide inhibition to unmask a constitutive H+ conductance of UCP1 (Cannon and Nedergaard, 2004; Shabalina et al., 2004).

(2) Whether or not H+ are directly translocated by UCP1. Alternatively, UCP1 was proposed to be a FA anion carrier that facilitates transmembrane FA cycling across the IMM (Garlid et al., 1996, 2000). Such UCP1-dependent FA cycling would cause FA-mediated, protonophoric H+ transport through the lipid bilayer (rather than direct H+ transport via UCP1).

(3) Whether or not FA directly compete with purine nucleotides to remove the purine nucleotide inhibition of UCP1. Alternatively, the removal of purine nucleotide inhibition by FA is non-competitive (Winkler and Klingenberg, 1994; Shabalina et al., 2004).



Direct application of patch-clamp electrophysiology to the IMM of brown and beige fat helped answer these questions and resulted in refinement of the mechanism of the FA/purine nucleotide-dependent H+ leak via UCP1. The following subsections summarize the most recent insights into the mechanism of UCP1 action based on electrophysiological analysis.


FA Are Required for UCP1-Dependent H+ Leak

For a transporter, UCP1 generates an unexpectedly large transmembrane current as measured across the whole IMM using the patch-clamp technique (Fedorenko et al., 2012; Bertholet et al., 2017; Figure 3A, left panel). This current is absent in UCP1–/– mice (Figure 3A, right panel). The UCP1 current is H+-selective, as its reversal potentials correspond to the theoretical Nernst equilibrium potentials for H+ (Fedorenko et al., 2012). The H+ current carried by UCP1 is one of the largest H+ currents recorded across the native membrane. The large amplitude of the UCP1 current is especially surprising because transporters have at least three orders of magnitude lower unitary currents as compared to ion channels (Hille, 1992) and only a few of them generate currents that are large enough to be resolved with the patch-clamp technique in their native membrane. The extremely high level of UCP1 expression in brown and beige fat (Ricquier and Kader, 1976; Lin and Klingenberg, 1980; Bertholet et al., 2017) can explain the large whole-IMM H+ currents observed. However, as expected for a transporter, the UCP1 unitary current is too small to be resolved using the patch-clamp electrophysiology (Fedorenko et al., 2012).
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FIGURE 3. FA-dependent H+ currents via UCP1. (A) Left panel: the H+ current via UCP1 (control, black) is inhibited by 1 mM guanosine 5′-diphosphate (GDP), a classical UCP1 inhibitor (red); Right panel: the same experiment performed in UCP1–/– mice; (B) H+ current via UCP1 (control, black) is de-activated by 10 mM MβCD (blue) and re-activated by 1.5 μM arachidonic acid (AA, red). The voltage protocols are indicated above the corresponding traces. Reproduced with permission from Bertholet et al. (2017).


Interestingly, the large UCP1-dependent H+ current recorded across the IMM of brown and beige fat does not seem to require FA and is recorded without application of FA (Fedorenko et al., 2012; Bertholet et al., 2017; Figure 3A, left panel). However, an “in-depth” analysis demonstrated that the H+ current via UCP1 is activated due to the presence of endogenous FA within the IMM of brown and beige fat (Fedorenko et al., 2012; Bertholet et al., 2017). These endogenous FA are generated via membrane phospholipid hydrolysis due to a yet unidentified phospholipase associated with the IMM (Fedorenko et al., 2012). When the endogenous FA are fully extracted from the IMM by FA acceptors cyclodextrin or albumin, the H+ current via UCP1 is completely de-activated (Fedorenko et al., 2012; Bertholet et al., 2017; Figure 3B). Subsequent addition of exogenous FA on the cytosolic face of the IMM reactivates the UCP1-dependent H+ current (Fedorenko et al., 2012; Bertholet et al., 2017; Figure 3B). Alternatively, after de-activation of UCP1 with cyclodextrin, H+ current via UCP1 can be recovered simply by washing out cyclodextrin from the bath solution to allow the phospholipases to re-generate endogenous membrane FA (Fedorenko et al., 2012; Bertholet et al., 2017).

These experiments clearly demonstrate that UCP1 activity indeed results in H+ translocation across the IMM and that FA are absolutely required for this H+ transport. The previous confusion regarding the “constitutive” H+ transport activity of UCP1 is likely due to the inability to fully extract endogenous FA generated by the IMM-associated phospholipase(s). The mitochondrial phospholipase activity profoundly affects UCP1 activity in electrophysiological experiments (Fedorenko et al., 2012; Bertholet et al., 2017) and can play a major role in the regulation of UCP1-dependent adaptive thermogenesis in vivo.



H+/FA Anion Cotransporter as a Model for UCP1 Function

The absolute requirement of FA for the UCP1-dependent H+ transport (Fedorenko et al., 2012) raises the question about the mechanism by which FA could be involved. In one of the original models of UCP1 function put forward before the direct electrophysiological studies, UCP1 works as a FA anion carrier that facilitates FA cycling across the IMM. Such FA cycling leads to FA-mediated protonophoric transport of H+ across the lipid bilayer and not via UCP1 directly (the “FA-cycling” model) (Garlid et al., 1996, 2000). Alternatively, it was proposed that UCP1 transports H+ directly, and FA serve as essential co-factors that bind within UCP1 translocation pathway to enable H+ binding and translocation (the “H+-buffering” model) (Klingenberg and Huang, 1999; Klingenberg, 2017). Therefore, determination the ability of UCP1 to transport FA anions was crucial for understanding of the mechanism of UCP1-dependent H+ leak, and such ability was tested directly using the mitochondrial patch-clamp.

Regular FA activate H+-selective transmembrane currents mediated by UCP1-dependent current (Figure 3). In striking contrast, it was determined that low-pKa FA analogs (that could not be protonated at physiological pH and existed only in the negatively charged form) instead induce FA anion currents via UCP1 (Figures 4A,B; Fedorenko et al., 2012; Bertholet et al., 2017). These experiments demonstrated that UCP1 indeed transports FA anions. Moreover, the ability of a FA to bind H+ at physiological pH was determined to be essential for its ability to activate H+ currents via UCP1.
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FIGURE 4. Transport of FA anions by UCP1. (A) Transport of short-chain alkylsulfonates by UCP1. Left panel: application of 10 mM C6-sulfonate (C6) on the cytosolic side of the IMM results in a steady FA anion current via UCP1 (red). This FA anion current is inhibited by the classical UCP1 inhibitor GDP (blue). The control trace (before C6 addition) is shown in black. Voltage protocol is shown above. Right panel: the mechanism of FA anion translocation by UCP1. UCP1 has two conformation states, with the SBS exposed either to the cytosolic (c) or matrix (m) side of the IMM. UCP1 binds a short-chain FA anion in the c-state and upon a c-m conformation change, releases the short-chain FA anion on the matrix site of the IMM. To reflect the fact that long-chain FA anions cannot bind to UCP1 on the matrix side, the access to the SBS in the m-state is shown as narrower than that in the c-state. (B) Limited translocation of the long-chain FA within UCP1. Left panel: application of 3 μM C20-sulfonate (C20) on the cytosolic side of the IMM results in a transient FA anion current via UCP1 [red, compare to (A)]. The transient FA anion current is inhibited by the classical UCP1 inhibitor GDP (blue). The control trace (before C20 addition) is shown in black. Voltage protocol is shown above. Right panel: the mechanism of transient UCP1 current induced by long-chain FA anions. A long-chain FA anion is translocated by UCP1 similar to a short-chain FA anion, but the long carbon tail of the long-chain FA anion establishes strong hydrophobic interaction with UCP1, preventing release of the FA anion from UCP1. Thus, the negatively charged FA anion shuttles within the UCP1 translocation pathway in response to the transmembrane voltage steps, producing transient currents. These currents suggest that the UCP1 SBS may slightly change its position within the membrane during the c–m conformation change. Current traces reproduced with permission from Bertholet et al. (2017).


Interestingly, a major difference was observed in the way that long-chain and short-chain FA anions interact with UCP1. First, with an increase in the length of the carbon chain (and its hydrophobicity) comes a dramatic increase in the ability of FA to induce currents via UCP1 (Fedorenko et al., 2012). Long-chain FA activate UCP1 currents in the micromolar concentration range, whereas millimolar concentrations of short-chain FA are required for the same current amplitude.

Second, long-chain and short-chain FA anions are transported by UCP1 differently. Specifically, short-chain FA anions are simply carried by UCP1 across the IMM and produce steady currents in response to steps of transmembrane voltage (Figure 4A). In contrast, long-chain FA induce transient UCP1 currents in the response to the same voltage steps (Figure 4B). These transient UCP1 currents are due to the fact that the long-chain FA anions cannot dissociate from UCP1 due to strong hydrophobic interactions, resulting in an incomplete transport cycle and only limited motion of the long-chain FA within UCP1 (Figure 4B).

Finally, long-chain FA anions bind to UCP1 and induce UCP1 currents only on the cytosolic side of IMM, while the short-chain FA anions can bind on both the cytosolic and matrix sides (Fedorenko et al., 2012). Thus, the access to the UCP1 substrate binding site from the matrix is restricted for long-chain FA due to their larger size. The inability of UCP1 to bind long-chain FA on the matrix side argued strongly against the FA-cycling model as the mechanism of FA-dependent H+ transport by UCP1. This was because the FA-cycling model postulated binding of long-chain FA to UCP1 on the matrix side of the IMM for H+ entry into mitochondria (Garlid et al., 1996, 2000). Thus, it was determined that not only H+ but also FA anions are UCP1 transport substrates.

The models of UCP1 operation that were proposed previously could not explain the new patch-clamp data on FA–UCP1 interaction (Fedorenko et al., 2012). The “FA-cycling” model (Garlid et al., 1996, 2000) that originally postulated FA anion transport by UCP1 contradicted the electrophysiological data, because UCP1 lacks the ability to bind FA anions on the matrix side of the IMM, which is a requirement of the FA-cycling model (Fedorenko et al., 2012). Similarly, the H+-buffering model (Klingenberg and Huang, 1999; Klingenberg, 2017) could not explain all the new electrophysiological data because it did not take into account the FA anion transport by UCP1. Therefore, to explain all the available experimental data on UCP1, a new model of UCP1 operation was proposed (Fedorenko et al., 2012).

UCP1 belongs to the SLC25 family of mitochondrial carrier proteins that operate by an alternating-access mechanism of transport (Robinson and Kunji, 2006; Robinson et al., 2008; Kunji and Robinson, 2010). The new model of the FA-dependent H+ translocation by UCP1 assumes that UCP1 operates via a similar mechanism. Because UCP1 transports both FA anions and H+, the new model also postulates that UCP1 operates as a FA–/H+-cotransporter. However, because long-chain FA anions, the physiological activators of H+ leak via UCP1, cannot dissociate from UCP1, the translocation cycle results only in transmembrane transport of H+ (Figure 5). A single long-chain FA anion shuttles within UCP1 to enable transport of many H+ (Figure 5).
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FIGURE 5. The proposed mechanism by which long-chain FA activate H+ current via UCP1. In this model, UCP1 cotransports one FA– and one H+ per a transport cycle. The H+ and the FA– bind to UCP1 on the cytosolic side of the IMM and, upon a conformational change, are translocated by UCP1 to the matrix side of the IMM. H+ is then released into the mitochondrial matrix, while the FA anion stays associated with UCP1 due to the hydrophobic interactions established by its carbon tail. Next, upon the second conformation change, UCP1 returns FA anion back to the cytosolic face of the IMM, where FA can initiate a new H+ translocation cycle. The translocation of FA anion to the cytosolic face of the IMM is assisted by the negative charge within the matrix. Also note that the charge translocation required for uncoupling occurs only in this step, while the previous step of FA–/H+ cotransport is electroneutral.


In this model, UCP1 has two conformation states. In one, the substrate-binding site (SBS) is exposed to the cytosolic side of the IMM (c-state), while in another it is exposed to the matrix side (the m-state). A long-chain FA anion and H+ bind to UCP1 in the c-state of UCP1. Upon a c-m conformational change the SBS becomes exposed to the matrix side of the IMM and H+ is released into the mitochondrial matrix. The long-chain FA– remains anchored to UCP1 due to the hydrophobic interactions established. Next, the model postulates that while the long-chain FA anion is still associated with UCP1, the reverse conformational change is possible, which will return the FA anion back to the cytosolic face of the IMM to initiate another H+ transport cycle (Figure 5). This conformation change is likely assisted by the high negative voltage in the mitochondrial matrix that pushes the negatively charged FA anion toward the cytosolic face of the IMM. In this model, the FA–/H+ cotransport via UCP1 is electroneutral, and the charge translocation occurs only when the long-chain FA anion returns, after the release of H+, to the opposite side of the IMM (Figure 5).

Notably, the new model of UCP1 function is the simplest model that explains all of the electrophysiological data available. Future structure–function studies of UCP1 will provide specific data regarding the identity of FA anion and H+ binding sites within UCP1 and may lead to further refinement of the current FA–/H+ cotransporter model.



FA Remove Purine Nucleotide Inhibition by Competition

Direct patch-clamp measurement of UCP1 currents also helped to address a controversy regarding the mechanism by which long-chain FA overcome inhibition of UCP1 by Mg2+-free purine nucleotides. Specifically, the indirect studies of H+ leak via UCP1 could not conclusively determine whether long-chain FA compete with purine nucleotides (Winkler and Klingenberg, 1994; Shabalina et al., 2004).

To inhibit UCP1, ATP4– binds on the cytosolic side and occludes the UCP1 translocation pathway (Klingenberg, 2010, 2017). Direct electrophysiological analysis of UCP1 demonstrated that long-chain FA anions are UCP1 transport substrates that, similar to purine nucleotides, bind to the UCP1 translocation pathway only on the cytosolic side (Fedorenko et al., 2012). This result prompted re-evaluation of a competition between FA and purine nucleotides for binding to UCP1. Structurally, FA anions and ATP4– are very different and unlikely to bind to the same site. However, the FA– and ATP4– binding sites may partially overlap or be located in immediate proximity, so that the electrostatic repulsion between the two negatively charged molecules results in competition.

A possibility of competition between long-chain FAs and purine nucleotides was addressed by measuring ATP4– inhibition of H+ leak via UCP1 activated by two different concentrations of oleic acid (OA). Because brown fat IMM generates endogenous long-chain FA, OA was applied on a background of 10 mM methyl-β-cyclodextrin (MβCD) to limit the effect of these endogenous FA on UCP1 currents. The H+ current activated by 0.2 mM OA/10 mM MβCD was fully inhibited by 100 μM ATP, and subsequent addition of 1 mM ATP4– caused no further inhibition (Figure 6A, left panel). In contrast, when 10-fold higher OA concentration (2 mM OA/10 mM MβCD) was used to activate H+ leak, it was inhibited by 100 μM ATP4– only partially, and 1 mM ATP caused further inhibition (Figure 6A, right panel). ATP inhibited the H+ leak activated by 0.2 mM OA/10 mM MβCD with an IC50 of 2.1 ± 0.1 μM, whereas IC50 was 12.0 ± 2.8 μM in 2 mM OA/10 mM MβCD (Figure 6B). This IC50 shift demonstrates that long-chain FA anions compete with purine nucleotides for binding to UCP1 and are likely to remove purine nucleotide inhibition by competition.
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FIGURE 6. FA anions and purine nucleotides compete for binding to UCP1. (A) Left panel: representative H+ current via UCP1 induced by 0.2 mM OA/10mM MβCD in control (red), and in the presence of 100 μM (blue) and 1 mM (black) ATP. Right panel: representative H+ current via UCP1 induced by 2 mM OA/10 mM MβCD in control (red) and in the presence of 100 mM (blue) and 1 mM (black) ATP. (B) The dose-dependence of UCP1 inhibition by ATP at two different concentrations of activating OA. The H+ leak via UCP1 was activated either with 0.2 mM (red curve) or 2 mM OA (black curve) mixed with 10 mM MβCD. Error bars represent standard error of the mean (SEM). Reproduced with permission from Fedorenko et al. (2012).


What is the significance of purine nucleotide inhibition of UCP1? Basal levels of long-chain FA are likely to be present in the IMM even before adrenergic stimulation, and purine nucleotide can reduce the sensitivity of UCP1 to these long-chain FA to ensure that the UCP1-dependent H+ leak is not activated without a relevant physiological stimulus. Without purine nucleotides, even sub-micromolar long-chain FA can activate robust H+ leak via UCP1 (Fedorenko et al., 2012; Bertholet et al., 2017).



MEASURING UCP1 CURRENTS WITH PATCH-CLAMP TECHNIQUE IN BROWN AND BEIGE FAT MITOCHONDRIA

Here, we present a detailed protocol for measuring the H+ leak across the IMM of the thermogenic tissues brown and beige fat.


Equipment and Solutions


Mitochondrial Patch-Clamp Set-Up

Please note that below we mention specific equipment used in our laboratory. We cannot exclude a possibility that other equipment may also be suitable for the purpose.


Olympus IX71 inverted microscope with differential interference contrast (DIC)

Olympus UPlanSApo 60X water immersion objective, numerical aperture 1.20

Vibration isolation table and Faraday cage

Axopatch 200B amplifier (Molecular Devices)

Digidata 1440AA Digitizer (Molecular Devices)

Micromanupulator MPC-385 (Sutter)

Bath reference electrode (3 M KCl-agar salt bridge)

Perfusion chamber with 0.13-mm glass coverslip bottom (Warner Instruments, RC-24E), connected to a gravity-fed perfusion system

Small round glass coverslips: 5 mm diameter, 0.1 mm thickness, cat. # 64-0731 (WPI Inc.).

0.1% gelatin (cat.# ES-006-B, Millipore)

MicroFil pipette filler (cat. # MF28G67-5, World Precision Instruments)

pClamp 10 (Molecular Devices) and Origin 9 (OriginLab) for data acquisition and analysis





Pipettes


Borosilicate glass capillaries with outer diameter of 1.5 mm, inner diameter of 0.86 mm, and an internal filament (Sutter Instruments, cat. # BF150-86-10)

Flaming/Brown Micropipette Puller, P97 (Sutter Instruments)

Micro Forge MF-830 for fire-polishing pipettes, equipped with Nikon MPlan 100/0.80 ELWD 210/0 (Narishige)





Mitochondrial Isolation


Potter-Elvehjem homogenizer, 10 ml capacity (Wheaton)

IKA Eurostar PWR CV S1 laboratory overhead stirrer

10 ml glass beakers and 35-mm plastic Petri dishes

French Press for disrupting mitochondrial outer membrane, for example, Thermo Electron French Press (FA-078A) with the Mini Cell (FA-003)

Refrigerated centrifuge with a relative centrifugal field (RCF) of up to 10,500 × g





Solutions for Mitochondrial Isolation and Patch-Clamp


Initial solution: 250 mM sucrose, 10 mM HEPES (4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid), and 1 mM EGTA (ethylene-bis(oxyethylenenitrilo)tetraacetic acid, pH adjusted to 7.2 with TrisBase)

Hypertonic mannitol solution: 140 mM sucrose, 440 mM D-mannitol, 10 mM HEPES, and 1 mM EGTA (pH adjusted to 7.2 with TrisBase)

KCl storage solution: 750 mM KCl, 100 mM HEPES, and 1 mM EGTA (pH adjusted to 7.2 with TrisBase)

HEPES pipette solution: 130 mM TMA (tetramethylammonium hydroxide), 100 mM HEPES, 1 mM EGTA, 2 mM MgCl2 and pH 7.0 with D-gluconic acid (tonicity adjusted to ∼360 mmol per kg with sucrose)

MES pipette solution: 130 mM TMA, 100 mM MES (2-(N-morpholino)ethanesulfonic acid), 1 mM EGTA, 2 mM MgCl2 and pH 7.0 with D-gluconic acid (tonicity adjusted to ∼360 mmol per kg with sucrose)

KCl bath solution: 150 mM KCl, 10 mM HEPES, 1 mM EGTA and pH 7.0 with TrisBase (tonicity ∼300 mmol per kg)

HEPES bath solution: 150 mM HEPES, 1 mM EGTA and pH 7.0 with TrisBase (tonicity adjusted to 300 mmol per kg with sucrose)

MES bath solution: 150 mM MES, 1 mM EGTA and pH 7.0 with TrisBase (tonicity adjusted to 300 mmol per kg with sucrose)





Chemicals


CL 316.243 hydrate (Sigma-Aldrich Cat# C5976)

Guanosine 5′-diphosphate Tris salt (GDP, Sigma-Aldrich Cat# G7252)

Adenosine 5′-triphosphate disodium salt hydrate (ATP, Sigma-Aldrich Cat# A6419)

Oleic acid (Sigma-Aldrich Cat# O1008).

Arachidonic acid sodium salt (Sigma-Aldrich Cat# A8798, now Cat# SML1395)

Methyl-β-cyclodextrin (Sigma-Aldrich Cat# C4555)

1-Hexanesulfonate monohydrate sodium salt (Sigma-Aldrich Cat# 52862)

Arachidonic acid sulphonate sodium salt (Cayman Chemical Cat# 9001886)

1-Octadecanesulfonic acid sodium salt (TCI Chemicals Cat# O0124)





Mitoplast Preparation From Brown and Beige Fat


Inducing Beige Fat in White Adipose Tissues

To induce beige adipocytes, mice are injected intraperitoneally with the selective β3-adrenergic receptor agonist CL316.243 (CL) at 1 mg/kg daily for 10 days (Bertholet et al., 2017), as also was reported previously (Himms-Hagen et al., 2000; Granneman et al., 2003, 2005). The induction of beige fat is discernible by distinctive morphological changes, with an increase in the number and a reduction in the size of cytoplasmic lipid droplets being the most obvious one (Figure 2). Mitochondrial biogenesis is another parameter used to identify “browning” of white fat (Figure 2), as detected by the increased expression of the transcriptional coactivator PGC1α (a key regulator of mitochondrial biogenesis) and mitochondrial proteins as COXIV and TOM20, in both inguinal and epididymal depots after CL treatment (Bertholet et al., 2017).

Our standard mitochondrial isolation protocol (see below) produces significant amounts of mitochondria from both inguinal and epididymal depots of CL-treated mice. In contrast, no mitochondria can be isolated from inguinal and epididymal fat of vehicle-treated mice (Bertholet et al., 2017). Therefore, all mitochondria isolated from white fat depots of CL-treated mice are newly formed beige fat mitochondria. These mitochondria are used in patch-clamp experiments to characterize UCP1 currents in beige fat.



Isolation of Mitochondria and Mitoplasts

Vesicles of isolated whole IMM, mitoplasts, are used for mitochondrial patch-clamp. The methodology for mitoplast preparation is based on: (1) isolation of mitochondria using differential centrifugation; (2) mechanical disruption of the outer mitochondrial membrane using a French press. The same protocol is used to isolate mitochondria/mitoplasts from both brown and beige fat. The French press procedure for mitoplast preparation (Decker and Greenawalt, 1977; Kinnally et al., 1993; Fedorenko et al., 2012) is preferred over the procedure using hypotonic swelling (Siemen et al., 1999; Szabo et al., 2005), because it has a potential to isolate IMM with fully preserved integrity, including the matrix and crista (Decker and Greenawalt, 1977). This is achieved by incubation of mitochondria in a hypertonic solution and using lower pressure during the French press procedure, so that the IMM does not expand above its normal volume while the outer membrane is removed (Decker and Greenawalt, 1977). In contrast, the standard hypotonic shock procedure that causes removal of the outer membrane always expands and stretches the IMM significantly, often causing IMM damage and matrix release. Mitoplasts generated by the osmotic swelling can be used for whole-IMM recording, but one can expect that the success rate will be lower.

We do not provide here a complete description of how to identify and dissect the fat pads. For more details about the dissection, please refer to previous dedicated articles (Mann et al., 2014). Here, we focus on how mitochondria can be isolated from dissected adipose tissues.


– All solutions, glass homogenizers, pestles, and conical tubes must be ice-chilled.

– Euthanize the animal by CO2 asphyxiation followed by cervical dislocation. This method is consistent with the recommendations of the Panel on Euthanasia of the American Veterinary Medical Association and IACUC Committee.

– Isolate mouse interscapular brown fat, inguinal and/or epididymal adipose tissues. Clean brown fat from white fat. Remove from inguinal fat the lymphatic node and fibrotic tissues encapsulating the tissue.

– Transfer tissues in a beaker with 5 ml of “Initial” solution. Chop the tissue into thin, fine pieces using a micro-dissection scissor and transfer it to the glass homogenizer.

– Transfer tissue pieces to ice-chilled 10 ml Wheaton glass homogenizer (Teflon pestle). Attach the pestle of the homogenizer to the laboratory overhead stirrer and homogenize the diced tissue on ice with six slow strokes at 275 rot/min speed.

– Transfer the homogenized suspension to a 15 ml ice-cold conical tube and centrifuge it at 8,500 × g for 10 min at 4°C.

– Discard supernatant (containing the lipid phase).

– Resuspend the pellet in 5 ml of ice-cold “initial solution” and homogenize cells on ice with six slow strokes at 275 rot/min speed.

– Transfer homogenized suspension into 15 ml ice-cold conical tube and centrifuge at 700 × g for 10 min at 4°C.

– Transfer supernatant to a new ice-chilled tube and centrifuge at 8,500 × g for 10 min at 4°C to obtain a pellet of mitochondria.

– Discard supernatant.

– Resuspend the mitochondrial pellet in 3.8 ml of ice-cold “hypertonic-mannitol” solution and keep it on ice for 10–15 min.

– The steps of the procedure for mitoplast isolation are illustrated in Figure 7. To prepare mitoplasts, load the mitochondrial suspension into a 4 ml pre-chilled mini pressure cell (3/8” piston diameter) of the French press (Thermo Fisher). Set the French Press in the “Medium” mode and press the suspension through the pressure cell at 110 on the dial of the French press. The exit valve of the pressure cell should be set so that the suspension comes out of the cell at a rate of about 1 drop/s. Drops are collected in a 15 ml ice-chilled conical tube. This procedure results in rupture of the outer mitochondrial membrane. This method allows for a gentle and purely mechanical (no detergents are used) isolation of mitoplasts to preserve the integrity of the IMM (Decker and Greenawalt, 1977).
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FIGURE 7. Preparation of mitoplasts (Leech and Holz, 1994). Mitochondria isolated from tissue lysate are subjected to low-pressure French press to rupture the OMM and release the IMM (mitoplasts are formed) (Suchyna et al., 2009); when mitoplasts are incubated in KCl solution, the IMM is further released from the OMM and mitoplasts assume an 8-shaped form. Remnants of the OMM are attached to the IMM. The IMM is shown in green, while the OMM is shown in blue.



– Create pellet of mitoplasts by centrifugation at 10,500 × g for 10 min.

– Resuspend mitoplasts in 0.5–2 ml of ice-cold KCl storage solution, then transfer them to an ice-chilled conical tube and store the suspension on ice, protected from excess light. Mitoplasts are ready for patch-clamp recording immediately and will normally remain usable for about 3 h.





Measuring UCP1 Currents Across the Whole Inner Mitochondrial Membrane


Pipettes and Solutions

The pipettes used for whole-mitoplast patch-clamp recordings are similar to those used for whole-cell recordings except the pipette tip is a smaller size.

We pull glass micropipettes from borosilicate glass filaments using a Sutter P97 micropipette puller. The pipettes are next fire-polished using a micro forge under 100X magnification (Nikon MPlan 100/0.80 ELWD 210/0 lens). The pipettes are prepared on the day of recording.

The pipette solution is filtered through a 0.22 μm filter. The pipette is back-filled with the pipette solution to 90% full using a 1 ml syringe connected to a MicroFil needle. The remaining bubbles are removed by gently tapping the pipette. Bath and pipette patch-clamp solutions are formulated to record H+ currents and contain only salts that dissociate into large anions and cations that are normally impermeant through ion channels or transporters. To record H+ currents via UCP1, the pipette is filled with HEPES pipette solution, while the bath contains HEPES bath solution. In contrast, to record FA anion currents via UCP1, we normally use MES pipette solution and MES bath solution. The pipette solution has about a 20% higher tonicity than the bath solution to prevent shrinking/collapse of the mitoplast after break-in or during patch-clamp recording. When filled with TMA-based pipette solution, the resistance of the pipettes should range between 25 and 35 MΩ.



Establishing the Whole-Mitoplast Mode and Measuring Mitoplast Membrane Capacitance

To reduce mitoplast adhesion coverslips are pre-incubated with 0.1% gelatin on the day of the experiment. Rinse 3–4 gelatin-coated coverslips with KCl bath solution and place in a well of a 4-well plate using a sharp curved forceps. Mix ∼35 μl of the concentrated mitoplast suspension with 500 μl of KCl bath solution in a 1.7 ml tube and plate on the top of coverslips. Incubate the plate on ice for 15–20 min, protected from light, for mitoplast sedimentation on the top of coverslips.


– Fill the bath chamber with KCl bath solution and position one of the coverslips with mitoplasts in the middle of the chamber. During this time, switch the perfusion off to prevent the mitoplasts from being washed away.

– Scan the coverslip using a 60X objective to check the quality of the preparation (the best quality being with few debris and distinct mitoplasts). To succeed in the mitoplast-attached step, it is important to choose an individual free-floating 8-shaped mitoplast. One should avoid round-shaped mitoplasts in which the IMM is completely released from the OMM, because integrity of such mitoplasts is often compromised. Engagement of the additional 1.6X magnification of an IX71 microscope helps with the selection of an 8-shaped mitoplast with a clean surface. The 8-shaped form of the mitoplast is due to protrusion of the inner membrane through a hole in the outer membrane caused by the French press treatment (Figure 7). An 8-shaped mitoplast has two lobes. The lobe of a lower optical density contains only the IMM released from the OMM, while the more optically dense lobe contains the OMM with a fraction of the IMM still inside it. Using quality optics as described above, the less dense lobe containing only the IMM can be easily identified.

– Fill the pipette with a pipette solution and load into the pipette holder. Using the micromanipulator, bring the pipette into the bath solution and further down, so that it is located just above the selected mitoplast and is visible in the field of view. Slight positive pressure must be applied into the pipette to prevent bath solution containing membrane debris from entering into the pipette. Set the amplifier to voltage-clamp mode and zero the pipette offset. In the seal test, we usually apply a 10 mV test pulse at 33 Hz from a holding potential of 0 mV.

– Switch the micromanipulator to a fine movement mode and slowly approach the less dense lobe, i.e., IMM) of the selected mitoplast.

– When the mitoplast fluctuating near the bottom of the coverslip presents its IMM lobe toward the pipette, quickly apply a gentle negative pressure to form a gigaseal (>2–5 GΩ, Figure 8A). To facilitate the formation of the gigaseal, a small negative pressure can be applied into the pipette. If the gigaseal is not formed, and formation of the mitoplast-attached configuration is attempted with a new pipette and a new mitoplast.




[image: image]

FIGURE 8. Formation of a gigaohm seal and breaking-in into a mitoplast. (A) Formation of the gigaohm seal between the glass patch pipette and the IMM (mitoplast-attached configuration). Upper panel: a photograph of a mitoplast attached to the glass patch-pipette in the mitoplast-attached configuration. Middle panel: a diagram illustrating seal formation between the patch pipette and the 8-shaped mitoplast. The pipette is attached to the IMM lobe (green). When observed with a DIC optics, the IMM lobe is less optically dense as compared to the lobe that contains both, IMM and OMM (blue). Lower panel: the current response to square 10-mV voltage pulses in the mitoplast-attached configuration after compensation of stray capacitance transients. (B) Formation of the whole-mitoplast (whole-IMM) configuration. Establishing the mitoplast-attached configuration is followed by break-in into the mitoplast to achieve a whole-mitoplast configuration for recording currents across the whole IMM. The IMM patch under the pipette is destroyed by high-amplitude voltage pulses (200–500 mV). Upper panel: a photograph of a mitoplast attached to the glass patch-pipette after breaking-in and formation of the whole-mitoplast configuration. Note a change in the shape of the mitoplast as compared to that in (A). Middle panel: a diagram illustrating the patch-pipette and the mitoplast after formation of the whole-mitoplast configuration. After the break-in, the interior of the mitoplast is perfused with the pipette solution. As the result, the IMM swells and is completely released from the OMM, while the mitoplast assumes a round shape. Lower panel: the current response to square 10 mV voltage pulses in the whole-mitoplast configuration. Note appearance of current transients associated with the capacitance of the whole IMM. Red color in the current response represents a single exponential fit to the decay phase of the capacitance transient.



– After the mitoplast-attached mode is formed, gently lift the mitoplast from the coverslip to prevent disruption of the seal due to pipette drift during the experiment.

– The stray capacitance transients should now be maximally compensated, before achievement of the whole-mitoplast configuration. This is a very important step to achieve a correct measurement of the mitoplast membrane capacitance (Cm) after the break-in.

– Apply single short-duration (5–15 ms) voltage pulses (250–600 mV) to break-in into the mitoplast and achieve the whole-mitoplast configuration. Normally, the longest duration and the lowest voltage are used first. Break-in is attempted several times (normally five times) with a specific combination of voltage and duration. If the break-in is not achieved, voltage of the break-in step is gradually increased (in ∼50 mV increments), while its duration is gradually decreased. To break-in, voltage pulses can be combined with a light suction. The break-in voltage pulse protocol is created using the high-voltage command input on the back of the Axopatch 200B. The process of break-in is monitored using the Membrane Test tool of pClamp. A successful break-in results in the reappearance of capacitance transients (Figure 8B) with almost no steady-state current (i.e., non-specific leak current). To calculate the electrode access resistance (Ra) and the membrane capacitance (Cm), the Membrane Test fits the capacitance current transients with an exponential function (Figure 8B). After the break-in, Ra should be between 40 and 80 MΩ. Brown and beige fat mitoplasts (2–6 μm in size) used for patch-clamp experiments typically have membrane capacitances of 0.5–1.1 pF. Upon break-in, the mitoplast usually swells due to the higher tonicity of the pipette solution and becomes round and more transparent (after the optically dense matrix content diffuses into the pipette) with remnants of the outer membrane sometimes visible on the side (Figure 8B).





Measuring H+ Leak via UCP1

To measure the H+ current via UCP1, we regularly use a HEPES pipette solution and HEPES bath solution, both at pH 7.0 (Fedorenko et al., 2012; Bertholet et al., 2017). These bath and pipette solutions are formulated to record H+ currents and contain only salts that dissociate into large anions and cations that are normally impermeant through ion channels or transporters. In these recording solutions, the H+ current via UCP1 can be observed without addition of exogenous FA. This is because, as mentioned above, the IMM of brown and beige fat contain endogenous FA generated by an IMM-associated phospholipase activity (Fedorenko et al., 2012; Bertholet et al., 2017). The H+ current via UCP1 that is activated by the endogenous membrane long-chain FA is pH-dependent. It is largest with a symmetrical (the same in the bath and pipette solutions) alkaline pH ∼9.0 and is dramatically reduced at symmetrical pH 5.0 (Fedorenko et al., 2012). This pH dependence is likely to be due to both the pH-dependence of the FA-associated UCP1 and the pH-dependence of the IMM-associated phospholipase(s) responsible for the production of the endogenous FA (Fedorenko et al., 2012). It is most convenient to record the H+ current via UCP1 at symmetrical pH 7.0, because these conditions are close to the physiological environment, the amplitude of the H+ current via UCP1 is large, and the IMM is stable. In contrast, at both extremes, pH 5.0 and pH 9.0, the integrity of the IMM is severely compromised.

To record H+ currents via UCP1:


– Immediately after a successful break-in, replace the KCl bath solution with the HEPES bath solution.

– Apply a 850 ms ramp protocol from −160 mV to +100 mV with a 5 s interval, while holding the mitoplast at 0 mV (Figure 3). This voltage protocol covers the whole range of physiological potentials the IMM is likely exposed to as well as some positive voltages that are not physiological but can help the biophysical analysis of UCP1 currents.

– Application of the ramp protocol elicits a large-amplitude H+ current across the IMM of brown and inguinal beige fat (Fedorenko et al., 2012; Bertholet et al., 2017). In contrast, only 15% of epididymal beige fat mitoplasts develop a UCP1-dependent H+ current (Fedorenko et al., 2012; Bertholet et al., 2017).

– When the H+ current develops in response to the ramp protocol, wait for stabilization of the current amplitude.

– For quantification of the amplitude of the H+ current via UCP1, it is crucial to determine the baseline corresponding to zero UCP1 current. To achieve this, perfuse the bath with either the UCP1 inhibitor GDP (1 mM) or a FA chelator (such as 0.5% FA-free bovine serum albumin or 10 mM MβCD that extract endogenous membrane FA). The H+ current via UCP1 will be fully inhibited, and the remaining current will be the baseline current from which the amplitude of UCP1 currents is to be measured. UCP1 currents can be further normalized per mitoplast capacitance (Cm) to obtain current density (pA/pF), which facilitates comparison of UCP1 current amplitudes in different mitoplasts.

– After extraction of endogenous FA with MβCD/albumin and deactivation of the H+ current via UCP1, the current can be reactivated by addition of exogenous arachidonic acid or OA (1 μM or similar concentrations) (Fedorenko et al., 2012; Bertholet et al., 2017). Alternatively, after depletion of endogenous FA from the IMM, MβCD/albumin can be washed out from the bath, and endogenous membrane FA will be partially regenerated by the phospholipases within a few minutes, reactivating the H+ current via UCP1 (Fedorenko et al., 2012; Bertholet et al., 2017).

– To compare H+ transport activities of UCP1 in individual mitoplasts (especially mitoplasts from different tissues such as brown and beige fat), it is important to eliminate the effect of endogenous FA (which can be present at different concentrations, especially in mitoplasts from different tissues) and activate UCP1 currents with the same concentration of exogenous FA (Fedorenko et al., 2012; Bertholet et al., 2017). To achieve this, apply the HEPES bath solution containing 10 mM MβCD to extract endogenous FA and re-activate the UCP1 current by exogenous FA on the background of MβCD (for example, 10 mM MβCD mixed with 0.5 mM OA). Application of exogenous FA on the background of MβCD ensures that the endogenous FA generated within the IMM are continuously eliminated and do not affect the measurements of the H+ current via UCP1.

– Clamping the concentration of activating FA at certain levels can be important not only for comparing UCP1 activity in mitochondria of different tissues, but also for studying the mechanism of UCP1 interaction with purine nucleotides. In particular, competition of purine nucleotide and FA for binding to UCP1 can be studied by comparing UCP1 inhibition by a purine nucleotide (e.g., Mg2+-free ATP) at two 10-fold different FA concentrations (Figure 6). To eliminate the effect of endogenous membrane FA and achieve precise control over the concentration of activating FA, the H+ current is activated with exogenous OA (e.g., 0.2 and 2 mM) applied on a background of 10 mM MβCD.





Measuring Fatty Acid Anion Currents via UCP1

To measure FA anion currents via UCP1, UCP1 must be activated by low-pKa FA analogs. Because transport of H+ by UCP1 depends on H+ binding to the activating FA, low-pKa FA analogs that cannot bind H+ at physiological conditions do not activate H+ currents (Fedorenko et al., 2012; Bertholet et al., 2017). Instead, they reveal FA anion transport by UCP1 (Fedorenko et al., 2012; Bertholet et al., 2017). In contrast to measuring the H+ current via UCP1, FA anion currents are best measured at symmetrical pH 6.0 using MES bath and MES pipette solutions. In symmetrical pH 6.0, the activity of the IMM-associated phospholipases that generate endogenous FA is suppressed and specific activation of UCP1 currents by exogenous low-pKa FA analogs can be achieved (Fedorenko et al., 2012; Bertholet et al., 2017).

To record FA anion currents via UCP1:


– Immediately after a successful break-in, replace the KCl bath solution with the MES bath solution containing 10 mM MβCD to extract endogenous FA from the IMM.

– Apply a voltage step protocol (+50 mV, −50 mV, +50 mV, Figure 4) from a holding potential of 0 mV. Record the baseline current.

– Apply desired concentration of a low-pKa FA analog. The binding affinity of FA and their ability to induce FA anion currents via UCP1 depend on the analog’s hydrophobicity and the number of carbons in the hydrophobic chain. For long-chain low-pKa FA analogs, use low micromolar concentrations, but millimolar concentrations of medium and short-chain low-pKa FA analogs are required to activate the FA anion current via UCP1 (Fedorenko et al., 2012).

– Similar to the H+ currents, FA anion currents via UCP1 can be inhibited by application of 1 mM GDP or another Mg2+-free purine nucleotide to the bath solution.





DISCUSSION

The whole-IMM patch-clamp for the first time allowed high-resolution functional analysis of UCP1 in the native membrane environment. It allows precise control of critical experimental conditions, such as pH, membrane potential, and concentration of different ions and metabolites across the IMM. It measures transmembrane currents with very high time (<1 ms) and amplitude (<1 pA) resolution and is the only method by which the ionic selectivity of the current can be reliably determined. This method was successfully used to identify and characterize the H+ leak mediated by UCP1 in brown fat mitochondria and to shed light on the mechanisms of mitochondrial thermogenesis in beige fat. Combined with classical methods, such as mitochondrial respirometry, it elevates the study of the mechanisms of mitochondrial uncoupling and thermogenesis to a previously unattainable level, facilitating studies that will rigorously address some of the most long-standing questions in the field of bioenergetics.
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Mouse olfactory receptor 544 (Olfr544) is ectopically expressed in varied extra-nasal organs with tissue specific functions. Here, we investigated the functionality of Olfr544 in skeletal muscle cells and tissue. The expression of Olfr544 is confirmed by RT-PCR and qPCR in skeletal muscle cells and mouse skeletal muscle assessed by RT-PCR and qPCR. Olfr544 activation by its ligand, azelaic acid (AzA, 50 μM), induced mitochondrial biogenesis and autophagy in cultured skeletal myotubes by induction of cyclic adenosine monophosphate-response element binding protein (CREB)-peroxisome proliferator-activated receptor gamma coactivator 1-alpha (PGC-1α)-extracellular signal-regulated kinase-1/2 (ERK1/2) signaling axis. The silencing Olfr544 gene expression abrogated these effects of AzA in cultured myotubes. Similarly, in mice, the acute subcutaneous injection of AzA induced the CREB-PGC-1α-ERK1/2 pathways in mouse skeletal muscle, but these activations were negated in those of Olfr544 knockout mice. These demonstrate that the induction of mitochondrial biogenesis in skeletal muscle by AzA is Olfr544-dependent. Oral administration of AzA to high-fat-diet fed obese mice for 6 weeks increased mitochondrial DNA content in the skeletal muscle as well. Collectively, these findings demonstrate that Olfr544 activation by AzA regulates mitochondrial biogenesis in skeletal muscle. Intake of AzA or food containing AzA may help to improve skeletal muscle function.
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INTRODUCTION

Olfactory receptors (ORs) are G-protein coupled receptors (GPCR), which are mainly expressed in the cilia of the olfactory epithelium (Buck and Axel, 1991). Binding of a ligand odorant stimulates signal transduction pathways to transduce odor information to the brain (Firestein, 2001). It has also been reported that ORs are ectopically expressed in different extra-nasal tissues, including liver, kidney, adipose, intestine and muscle tissues (Lee et al., 2019). Thus, the functionalities of ectopic ORs have been investigated in the last decade. For instance, MOR23 activation stimulates the cyclic adenosine monophosphate (cAMP) levels and protein kinase A (PKA) activity in skeletal muscle tissue. This pathway regulates the migration and adhesion of skeletal muscle cells, thereby contributing to wound healing and tissue repair (Griffin et al., 2009). A few ORs regulate lipid metabolism and obesity. We previously reported that OR1A1 and its mouse homolog, Olfr43, regulate lipid metabolism in the liver. OR1A1/Olfr43 stimulated by (-)-carvone reduced hepatic steatosis through regulating the PKA-cAMP-response element binding protein (CREB)- hairy and enhancer of split-1 signaling axis (Wu et al., 2015, 2019). The results from microarray analysis showed that Olfr544 is highly expressed in both mouse liver and white adipose tissue, and activation of Olfr544 stimulates fatty acid oxidation in hepatocytes, lipolysis and thermogenesis in white and brown adipose tissues (Wu et al., 2017), respectively. Olfr544 is also expressed in pancreatic α-cells to stimulate glucagon secretion (Kang et al., 2015). These results suggest that ectopic ORs expressed in non-nasal tissues can play a role in functional GPCR proteins and stimulate unique signal transduction pathways, resulting in tissue-specific roles by recognizing odorants as ligand molecules.

Skeletal muscle is a major organ of ATP consumption, which is critical for sustaining oxidative metabolism and homeostasis of the ATP pool in healthy individuals (Russell et al., 2014). Under intensive exercise, nearly 90% of cardiac output is distributed to skeletal muscle. Regulating the energy metabolism of skeletal muscle is critical to maintain normal physiology. It has been shown that energy metabolism of the skeletal muscle is largely regulated by mitochondrial function and a balance between mitochondrial biogenesis and the autophagy pathway (Russell et al., 2014). Enrichment of mitochondria in skeletal muscle improves oxygen uptake capacity and reduces adipose tissue mass, thus increasing exercise capacity and lowering the risk of type 2 diabetes and cardiovascular disease (Little and Cochran, 2011; Duclos et al., 2013; Russell et al., 2014).

Mitochondrial contents in skeletal muscle can be stimulated by mitochondrial biogenesis (Yan et al., 2012; Perry and Hawley, 2018), which is regulated by multiple signaling pathways, including peroxisome proliferator-activated receptor-γ coactivator 1α (PGC-1α). PGC-1α is stimulated by several kinases, including CREB and extracellular signal-regulated protein kinases 1/2 (ERK1/2). PGC-1α is also activated through deacetylation by the NAD-dependent protein deacetylase sirtuin-1 (SIRT1) (Gerhart-Hines et al., 2007; Wright et al., 2007; McConell et al., 2010). PGC-1α activation induces downstream transcription factors, such as nuclear respiratory factors (NRF1 and NRF2) and mitochondrial transcription factor A (TFAM), which upregulate genes encoding mitochondrial biogenesis and electron transport chain proteins (Wu et al., 1999; Russell et al., 2014). Thus, PGC-1α is well involved in mitochondrial biogenesis and function (Schmidt and Mandrup, 2011; Scarpulla et al., 2012).

AzA is a C9 α,ω-dicarboxylic acid (nonanedioic acid) that is found in grain foods, including oatmeal and barley (Gallagher et al., 2010), and is also endogenously produced by the peroxisomal ω-oxidation pathway as an end product of linoleic acid (Litvinov et al., 2010). AzA is a ligand for the mouse olfactory receptor Olfr544 (Kang et al., 2015; Wu et al., 2017); thus, oral administration of AzA in mice reduces adiposity, rewiring fuel preference to fats (Wu et al., 2017). Our microarray analysis of mouse skeletal muscle tissues identified Olfr544 as the most highly expressed OR. Therefore, we further investigated the biological function of AzA on mitochondrial biogenesis in skeletal muscle cells both in vitro and in vivo. Moreover, the molecular mechanism of Olfr544-mediated mitochondrial biogenesis in the muscle was also examined in both wild-type and Olfr544-deficient mice.



MATERIALS AND METHODS


Cell Culture, Differentiation, and Compound Treatment

The C2C12 cells (American Type Culture Collection, United States) were cultured in Dulbecco’s modified Eagle medium (DMEM, Gibco, MA, United States) containing with 20% fetal bovine serum (FBS, HyClone, IL, United States), 100 units/mL of penicillin and 100 mg/mL streptomycin (PEST, Sigma-Aldrich, St. Louis, MO, United States) at 37°C with 5% CO2 (v/v). The cells were differentiated as previously described (Thach et al., 2016). Briefly, mouse skeletal muscle C2C12 cells were switched to DMEM containing 2% horse serum (HyClone). After a 7-day differentiation, cells were treated with AzA (Sigma) in serum-free DMEM for 24 h. DMSO (0.1%, Bio Basic Canada Inc., Canada) was used as a control.



Double-Transfection of Small Interfering RNA (siRNA)

C2C12 cells were seeded overnight and differentiated for 7 days. Differentiated skeletal myotubes were transfected with 200 pmol of scramble or Olfr544 siRNA duplex (SantaCruz, CA, United States) with Lipofectamine 2000 reagent (Invitrogen, CA, United States) as previously described (Wu et al., 2019). After transfection for 6 h, differentiated skeletal myotubes were transfected again with the same amount of scramble or Olfr544 siRNA. After 5 h of double transfection, cells were added with fresh DMEM containing 20% FBS. Subsequently, transfected cells were treated for 10h with DMSO or AzA before total mRNA or protein extraction.



Quantitative Real-Time RT-PCR

The reagent of RNAiso Plus (TaKaRa Bio Inc., Otsu, Japan) was used to extract the total RNA of C2C12 cells and muscle tissues. Subsequently, Rever Trace RT Master Mix Kit (Toyobo, Osaka, Japan) was used to synthesize the cDNA according to the manufacturer’s instructions using the. Quantitative RT-PCR experiments were then conducted to check the gene expression levels with cDNA as previously described (Jia et al., 2013; Kang et al., 2015; Wu et al., 2019). Templates were amplified by using specific sets of primers listed in Supplementary Table S1 with the ThunderbirdTM SYBR qPCR Mix reagent (Takara Bio Inc., Japan) and analyzed by the iQ5 Cycler System (Bio-Rad, Hercules, CA, United States). Olfr544 mRNA levels was quantified in reference to pME18S-Olfr544 plasmid and normalized to ribosomal protein L32 levels.



Immunoblotting Analysis

Immunoblotting analysis was used to measure the protein levels of C2C12 and muscle tissues (Jun et al., 2014; Hoang et al., 2015; Jia et al., 2016). Briefly, lysates of skeletal muscle cells and tissues were obtained in a radioimmunoprecipitation assay buffer containing protease and phosphatase inhibitors (Thermo, Waltham, MA, United States). The protein levels were checked using protein assay dye reagent (Bio-Rad, Hercules, CA, United States). Subsequently, SDS-PAGE were used to separate the denatured proteins. The separated proteins were then transferred to the nitrocellulose membranes (Daeillab, Seoul, South Korea). The membranes were incubated overnight with primary antibodies at 4°C. Antibodies for CREB (1:250), p-CREB (Ser133; 1:500), β-actin (1:1000), α-tubulin (1:1000), ERK1/2 (1:500), p-ERK1/2 (Thr53/54, 1:500), PGC-1α (1:500) were purchased from Santa Cruz Biotechnology (United States); anti-LC3B (1:500) from Novus Biologicals (Novus Biologicals, Littleton, CO, United States). Immunoblotting images were accessed by a ChemiDocTM touch imaging system, and analyzed by the Image Lab 5.2 software (Bio-Rad, PA, United States). The protein levels of α-tubulin or β-actin were used for normalization.



Mitochondrial DNA Content and Abundance Determination

Mitochondrial DNA content and abundance were determined as previously described (Thach et al., 2016). Mitotracker Green probe (Molecular Probes) was used to measure the mitochondrial density following the manufacturer’s instructions. Briefly, C2C12 cells were stained with Green probes (200 nm) for 30 min at 37°C after washing with PBS (pH 7.4). Subsequently, the green fluorescence intensity was measured using SpectraMAX (Molecular Devices Co.), at the wavelength of 490 nm (excitation) and 516 nm (emission), respectively. The images were obtained by the Zeiss LSM700 confocal microscope, and then analyzed using the Zeiss LSM700 version 3.2 software (Carl Zeiss, Germany).



Mouse Care and Experiments

Healthy, male, 8-week-old ICR, and C57BL/6J mice weighing 20–25 g were purchased from Samtako (Gyeonggi-do, South Korea). Generations of Olfr544 knockout mice were generated using the CRISPR/Cas9 system to delete exon 2 (161–428 bp) of the Olfr544 gene, and the method and basic characteristics of Olfr544 knockout mice (KO) were previously published (Wu et al., 2017). Animal experiments were handled in accordance with the protocols approved by the Animal Experiment Committee of Korea University (Protocol No. KUIACUC-2019-0031). Animals were kept in the animal room with a 12 h photoperiod and a relative humidity of 50–60% at 21–25°C. Mice were allowed free access to 60% high fat diet (HFD) and randomly assigned into four groups (n = 7), two groups each for wild-type and Olfr544 knockout mice. For acute Olfr544 activation, mice were fasted overnight and intraperitoneally injected with either AzA (100 mg/kg body weight) or PBS (vehicle group). Skeletal muscle tissues (soleus muscles) were collected at indicated time as previously described (Jia et al., 2015). For long-term AzA administration, mice were orally administered either AzA (50 mg/kg body weight) or ddH2O under HFD. The body weights of mice were recorded every week. After oral feeding for 6 weeks, mice were anesthetized and sacrificed after overnight fasting. Muscle tissues were collected, immediately cryoprotected, and then stored at –80°C for further experiments.



Statistical Analysis

The data are shown as the means ± SEM. To determine significance between two or multiple groups, Wilcoxon test and one-way ANOVA followed by Tukey’s HSD test were used, respectively. Data are statistically significant different denoted by ∗ for P ≤ 0.05, ∗∗ for P ≤ 0.01.



RESULTS


Olfr544 Is Expressed in Cultured C2C12 Derived Myotubes, and Its Activation Induces the PKA-CREB-PGC-1α Signaling Axis

In a microarray analysis of mice fed normal CHOW and high-fat diet (HFD), Olfr544 was the most highly expressed OR in skeletal muscles. The expression levels of Olfr544 were not significantly changed by HFD (Supplementary Methods and Supplementary Figure S1). The expression of Olfr544 was further confirmed in differentiated C2C12 myotubes and mouse skeletal muscle tissues using RT-PCR (Supplementary Figure S2A). Olfr545, which shares 95% sequence homology with Olfr544, was also expressed at low levels, with approximately 20% of Olfr544 expression (Supplementary Figure S2A). In the CRE-luciferase reporter gene assay, AzA, a ligand of Olfr544, weakly activated Olfr545; thus, the EC50 value of AzA for Olfr545 was 12-fold greater than that of Olfr544 (EC50; 19.2 ± 4.8 vs. 237 ± 140 μM for Olfr544 and Olfr545, respectively, Supplementary Figures S2B,C). Further experiments were performed with AzA concentrations to selectively stimulate Olfr544 but not Olfr545.

In cultured C2C12 myotubes, AzA stimulated the PKA-CREB signaling axis (Supplementary Figure S2B), in line with the results from the CRE-luciferase assay (Supplementary Figure S2C). AzA induced pCREB levels by 1.5-fold in C2C12 myotubes; meanwhile, the induction of pCREB was abrogated in cells with Olfr544 knockdown (Figures 1A,B). The expression of Olfr544 in cultured Olfr544 knockdown myotubes was silenced by 80% with transfection of Olfr544 specific siRNA (Supplementary Figure S3). When differentiated C2C12 myotubes were stimulated with AzA (0–50 μM), the mRNA and protein expressions of PGC-1α in myotubes were induced a dose-dependent manner. AzA (50 μM) significantly induced the mRNA and protein expression levels of PGC-1α, by 2- and 3-fold, respectively (Figures 1C,D). However, these inductions were negated in Olfr544 knockdown cells (Figures 1E,F). We did not observe the significant difference of mRNA Pgc-1α expression stimulated by AzA in cells transfected with scramble or Olfr544 siRNA (P = 0.125). Nonetheless, we further confirmed that the PGC-1α protein expression was induced by AzA treatment in the presence of scramble siRNA and significantly higher the expression level in the presence of Olfr544 siRNA (Figure 1F). These data demonstrate that Olfr544 activation stimulates the CREB-PGC-1α signaling axis in cultured myotubes.
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FIGURE 1. Activation of Olfr544 induces the PKA-CREB-PGC-1α signaling axis in cultured skeletal muscle cells. (A,B) AzA induced pCREB expression in C2C12 myotubes but not in cells with Olfr544 knockdown. Immunoblotting analysis of pCREB and total CREB proteins (A, n = 3); the ratios of pCREB-to-CREB were normalized to β-actin (B, n = 3). (C,D) AzA induced the expression of PGC-1α both at the mRNA (C, n = 3) and protein levels (D, n = 3) in a dose-dependent manner as measured by real-time qPCR and immunoblotting, respectively. (E,F) Olfr544 gene knockdown lessens Pgc-1α gene expression (E, n = 3) and protein expression (F, n = 3). Data are the mean ± SEM. Data are statistically significant different denoted by * for P ≤ 0.05 using Wilcoxon test and one-way ANOVA followed by Tukey’s HSD test.




AzA Induces Mitochondrial Biogenesis in Cultured C2C12 Derived Myotubes

We next investigated whether AzA stimulates mitochondrial biogenesis in C2C12 derived myotubes since the CREB-PGC-1α signaling axis has been reported to activate mitochondrial biogenesis (Herzig et al., 2001; Schmidt and Mandrup, 2011). C2C12 cells were differentiated for 7 days and then treated with AzA for 24 h. Quantitative real-time PCR results showed that 50 μM AzA significantly increased the mtDNA content by 3.0-fold (Figure 2A). Similarly, mitochondrial density was significantly increased by approximately 2.5-fold (Figure 2B). Subsequently, MitoTracker-probed mitochondrial images observed under confocal fluorescence microscopy showed substantial increases in mitochondrial density (Figure 2C). These results suggest that AzA induces mitochondrial biogenesis in skeletal muscle cells.
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FIGURE 2. AzA induces mitochondrial biogenesis in skeletal muscle cells. (A) AzA induces mtDNA content in a dose-dependent manner as measured by Qpcr (n = 4). (B) Mitochondrial contents were probed by green MitoTracker and measured by a spectrophotometer (n = 4). (C) and the levels of mitochondrial content was confirmed under confocal fluorescence microscopy (n = 3). Blue, nucleus; green, mitochondrion. Scale bar, 50 μm. Data are the mean ± SEM. Data are statistically significant different denoted by * for P ≤ 0.05 using Wilcoxon test and one-way ANOVA followed by Tukey’s HSD test.




Olfr544 Gene Knockdown Negates Mitochondrial Biogenesis Stimulated by AzA in Cultured C2C12 Derived Myotubes

We next examined whether AzA regulates mitochondrial biogenesis via Olfr544 activation. C2C12 cells were transfected with scramble siRNA or Olfr544 siRNA after differentiation, and then treated with AzA for 24 h. Olfr544 knockdown negated the effect of AzA on mitochondrial biogenesis. The mtDNA content and mitochondria abundance were unaltered by AzA stimulation in Olfr544 knockdown cells (Figures 3A,B). In contrast, AzA-treated control C2C12 myotubes showed a significant induction of mtDNA content by 2.0-fold compared with controls. AzA treatment increased mtDNA content in normal cells by approximately 1.6-fold compared with Olfr544 knockdown cells (Figure 3A). Quantification of mitochondrial density showed the enrichment of mitochondria in cells stimulated with AzA (50 μM) in C2C12, but not in Olfr544 knockdown C2C12 myotubes (Figures 3B,C). However, the effects of AzA on mitochondrial biogenesis were impaired with siRNA transfection, which was smaller (Figure 3) than the effects in non-transfected cells (Figure 2). The results collectively demonstrate that AzA stimulates muscle mitochondrial function via Olfr544 activation.
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FIGURE 3. Olfr544 deficiency negates mitochondrial biogenesis stimulated by AzA in skeletal muscle cells. (A) AzA induced mtDNA content in myotubes but not in Olfr544 knockdown cells (n = 8). Mitochondrial abundance was analyzed using a spectrophotometer (B, n = 8) and fluorescence imaging (C, n = 3). Scale bar, 50 μm. Data are the mean ± SEM. Data are statistically significant different denoted by * for P ≤ 0.05, ** for P ≤ 0.01 using Wilcoxon test and one-way ANOVA followed by Tukey’s HSD test.




Olfr544 Activation Induces ERK1/2 Phosphorylation in Cultured C2C12 Derived Myotubes

PGC-1α gene expression is alternatively induced by ERK1/2; thus, we next checked the phosphorylation level of ERK1/2 by AzA in differentiated C2C12 myotubes. In immunoblotting analysis, AzA significantly induced phosphorylations of ERK1/2 on Thr43/44 (pERK1/2) by 2.0-fold, but these effects were abrogated in Olfr544 knockdown cells (Figures 4A,B). It has been reported that increased pERK1/2 correlates to autophagy levels (Martinez-Lopez et al., 2013). Autophagy plays a pivotal role in skeletal muscle adaption and capacity by interacting with mitochondrial biogenesis and preventing mitochondrial damage (He et al., 2012; Lira et al., 2013; Lo Verso et al., 2014). In cultured C2C12 myotubes, activation of Olfr544 by AzA increased the LC3-II-to-LC3-I ratio, a marker of autophagosome formation, by 2.5-fold compared to vehicle-treated controls, while the induction disappeared in Olfr544 knockdown cells (Figures 4C,D). Importantly, AzA-stimulated cells showed an approximately 3.0-fold increase of the LC3-II-to-LC3-I ratio compared to the Olfr544 knockdown cells (Figure 4D). Taken together, Olfr544 activated by AzA increases ERK1/2 activity and induces autophagy formation in skeletal muscle cells.
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FIGURE 4. AzA-driven Olfr544 activation stimulates ERK1/2 phosphorylation in cultured skeletal muscle cells. AzA induced phosphorylation of ERK1/2 on Thr43/44 (pERK1/2) in myotubes but not in Olfr544 knockdown cells. (A,B) Expression of total ERK1/2 and pERK1/2 was probed by immunoblotting. Ratios of pERK1/2 to total ERK1/2 were normalized to β-actin (n = 3). (C,D) AzA-stimulated myotubes increased the LC3-II-to-LC3-I ratio, a marker of autophagosome formation, but not in Olfr544 knockdown cells (n = 3). Data are the mean ± SEM. Data are statistically significant different denoted by * for P ≤ 0.05, ** for P ≤ 0.01 using Wilcoxon test and one-way ANOVA followed by Tukey’s HSD test.




Olfr544 Activation Stimulates the CREB-PGC-1α Pathway and Autophagy Formation in Mouse Skeletal Muscle Tissues

We next investigated the biological activities of AzA in mouse skeletal muscle tissues in vivo. Mice were intraperitoneal injected with AzA (100 mg/kg body weight) for 30 or 120 min before soleus muscles collection for immunoblot analysis. Vehicle group mice were injected with PBS for 30 or 120 min. The results demonstrated that AzA stimulated pCREB by 2-fold after a 2 h injection of AzA (Figures 5A,B). The expression of PGC-1α upon AzA treatment was also upregulated by approximately 1.5-fold in soleus muscle tissues (Figures 5A,C). However, the expressions of pCREB and PGC-1α were unaffected in skeletal muscle tissues of Olfr544-deficient mice (Figures 5B,C). These results demonstrated that AzA might regulate mitochondrial biogenesis in skeletal muscle tissues through activation of the Olfr544-CREB-PGC-1α signaling axis.
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FIGURE 5. AzA-driven Olfr544 activation stimulates the CREB-PGC-1α signaling axis and autophagy formation in mouse skeletal muscle tissues. (A) AzA treatment induced the expression of PGC-1α, pCREB, pERK1/2 and LC3I/II protein in wild-type mouse skeletal muscle tissues but not in those of Olfr544 KO mice. Immunoblotting analysis of soleus muscles extracts for PGC-1α, pCREB, and CREB, pERK1/2 and total ERK1/2, LC3I/II (n = 3). (B–E) Ratios of pCREB, PGC-1α, pERK1/2, and LC3-II were normalized to β-actin (n = 3). Data are the mean ± SEM. Data are statistically significant different denoted by * for P ≤ 0.05 using Wilcoxon test and one-way ANOVA followed by Tukey’s HSD test.


Additionally, the levels of pERK and the pERK-to-ERK ratio were also significantly increased by 3.0-fold in soleus muscle tissues after 30 min of AzA treatment (Figures 5A,D). The LC3-II-to-LC3-I protein expression ratio was increased by 1.5-fold after 30 min of AzA; however, these inductions were negated in the skeletal muscle of Olfr544 knockout mice (Figures 5A,E). These suggest that AzA-dependent Olfr544 activation in skeletal muscle tissues induces mitochondrial biogenesis by activation of CREB-PGC-1α and stimulates autophagy formation.



Oral Administration of AzA Activates Mitochondrial Biogenesis in HFD-Induced Obese Mice

Finally, we investigated metabolic effect of AzA administration on skeletal muscle tissue in HFD-induced obese mice. Obesity is inversely associated with mitochondrial replication and skeletal muscle function, which are caused by cellular oxidative stress, lipotoxicity, and insulin resistance (Holloway et al., 2009; Yan et al., 2012). Skeletal muscle in obese mice and humans increases intramuscular triglyceride concentrations while reducing the rate of lipid oxidation by impairing mitochondrial enzymes (Gerhart-Hines et al., 2007; Holloway et al., 2009).

Both wild-type and Olfr544 knockout mice were fed HFD to induce obesity and were then orally administered AzA (50 mg/kg body weight/day) for 6 weeks. Body weight and plasma glucose and triglyceride concentrations were reduced and glucose tolerance improved by AzA administration in wild-type mice but not in Olfr544 knockout mice, as reported previously (Wu et al., 2017). The mRNA expression of PGC-1α was induced by 2.0-fold in AzA soleus muscles compared with those in control mice. In contrast, the induction was abrogated in Olfr544 knockout mice (Figure 6A). Herein, we got the significant difference of PGC-1α mRNA expression between AzA-administrating WT mice compared to vehicle mice. We also observed the reduced trend in AzA-administrating Olfr544 KO mice compared to that of WT mice (Figure 6A) although p = 0.07. Similarly, expression of the downstream transcriptional target of PGC-1α, mitochondria transcription factor A (Tfam), which indicates mitochondrial replication and function, was substantially induced by 3.0-fold in AzA administered wild-type mice, whereas these inductions were negated in skeletal muscles of Olfr544 knockout mice (Figure 6B). The mtDNA content of AzA-administered wild-type skeletal muscle significantly increased by approximately 3.0- and 2.0-fold compared with vehicle-treated wild-type and AzA-administered Olfr544 knockout skeletal muscle, respectively (Figure 6C). In contrast, the mtDNA content was not altered by AzA administration in Olfr544 knockout mice (Figure 6C). Collectively, these data demonstrate that AzA stimulates mitochondrial biogenesis and mitochondrial contents in skeletal muscle tissues via activation of Olfr544 (Figure 6D).
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FIGURE 6. Oral administration of AzA activates mitochondrial biogenesis in skeletal muscle tissues in HFD-induced obese mice. (A) AzA induced Pgc-1α gene expression in wild-type mouse skeletal muscle tissues but not in those of Olfr544 KO mice (n = 4). (B,C) Gene expression of the mitochondrial marker Tfam and mtDNA content were measured by real-time qPCR (n = 4). (D) Schematic illustration proposing the mechanism by which AzA-driven Olfr544 activation induces mitochondrial biogenesis in skeletal muscle cells by stimulation of CREB-PGC-1α signaling and ERK1/2 activity. Data are the mean ± SEM. Data are statistically significant different denoted by * for P ≤ 0.05 using Wilcoxon test and one-way ANOVA followed by Tukey’s HSD test.




DISCUSSION

Mitochondrial dysfunction has been suggested to be causally involved in obesity-induced insulin resistance and in the pathophysiology of type II diabetes (T2D). This raised the possibility that mitochondria in skeletal muscle cells could be targets to prevent type 2 diabetes mellitus (Goodpaster, 2013; Hesselink et al., 2016), and these biological processes can be regulated by natural substances and food molecules.

AzA s contained in several grain food (oat, barley, etc.) and can be endogenously synthesized by ω-oxidation process as an end product of linoleic acid. Thus, we believe that Olfr544 in extra-nasal tissues such as skeletal muscle can be endogenously stimulated by AzA derived from diet or endogenous synthesis. In our previous studies, AzA levels were particularly increased in fasting state compared with those in fed state (Wu et al., 2017), thus we suggested that AzA is a redundant fasting signaling molecule that can activate Olfr544 in multiple tissue. Previously we reported that Olfr544 activation by AzA induces white adipose lipolysis, brown adipose thermogenesis, and hepatic fatty acid oxidation (Wu et al., 2017). In this study, we found additional function of Olfr5444, the activation of mitochondrial biogenesis in skeletal muscle. AzA has been detected in humans (Bondia-Pons et al., 2013) and AzA treated human adipose cells showed induced lipolysis, suggesting that AzA has similar functions in humans as well. Biological effects of AzA have been reported. Toxicity studies of AzA have been reported in vivo, and the oral LD50 in rats is > 5 g/Kg (Thermo Fisher, MSDS). Pharmacokinetic studies revealed that, in the case of oral administration, approximately 60% of the systemically absorbed AzA is eliminated unchanged through the kidneys. After an intravenous dose, approximately 80% is excreted in the urine within 12 h of administration (Gollnick and Layton, 2008; Sieber and Hegel, 2014). In healthy humans, plasma AzA can reach up to 75 mg/L after 2 h of oral administration of 0.5–5 g (Fitton and Goa, 1991).

Several physiological effects of AzA have been reported. AzA promotes the reduction of lipid peroxides into lipid hydroxides, preventing cardiovascular diseases (Raghavamenon et al., 2009). Animal feeding studies have reported that AzA can reduce atherosclerosis and diabetes phenotypes with the reduction of plasma triglycerides and glucose concentrations and the improvement of glucose tolerance. AzA has been reported to ameliorate glucose metabolism and cholesterol plaque formation in the arteries when administered orally (Muthulakshmi and Saravanan, 2013). AzA administration reduced plasma glucose, insulin, liver glycogen and key carbohydrate metabolic enzymes in HFD-induced type 2 diabetic mice (Litvinov et al., 2010; Muthulakshmi and Saravanan, 2013). These data suggest that AzA may have preventive and therapeutic potential for the treatment of obesity-induced T2DM. We have also reported that activation of Olfr544 by AzA stimulates fatty acid oxidation in hepatocytes and brown adipose tissue, resulting in the reduction of adiposity and the rewiring of fuel preferences toward fats in obese mice (Wu et al., 2017). These findings suggest that Olfr544 can respond to AzA and stimulate cellular energy metabolism under physiological pathways in a variety of tissue types, especially skeletal muscle.

Olfactory receptor signaling pathways and their downstream molecular effectors may serve as effective pharmacologic targets for improving both muscle physiology and the efficiency of cells (Jean-Baptiste et al., 2005; Griffin et al., 2009). In the present study, we demonstrate that Olfr544-dependent PGC-1α and ERK1/2 stimulation is involved in skeletal muscle mitochondria in response to AzA stimulation in vitro and by oral administration in skeletal muscle tissues. To the best of our knowledge, this is the first report of ectopic functional expression of ORs on mitochondrial biogenesis in skeletal muscle. Olfr544 activation by AzA induced both mitochondrial biogenesis and autophagy via ERK-LC3II activation. This autophagy can stimulate mitochondrial biogenesis coupled with the removal of damaged and unhealthy mitochondria (Lee et al., 2012).

Mitochondrial biogenesis can be induced by exercise training or exercise mimetics via activation of PGC-1α (Narkar et al., 2008; Qi and Ding, 2012; Wenz, 2013). Activated PGC-1α regulates gene expression, encoding proteins related to mitochondrial biogenesis, oxidative respiration in muscle fibers, and exercise-induced autophagy (Wu et al., 1999; Handschin and Spiegelman, 2011; Lira et al., 2013). Moreover, PGC-1α expression can induce gene expression of an insulin-sensitive glucose transporter that enhances glucose uptake in skeletal muscle cells (Michael et al., 2001). Meanwhile, autophagy is involved in the turnover of mitochondria and other cellular organelles (Wang and Klionsky, 2011). Autophagy results in enhanced oxidative metabolism in muscle and is required for endurance exercise training-induced skeletal muscle adaption by mitochondrial biogenesis induction, which improves physical performance (Lira et al., 2013). Therefore, the enhancement of mitochondrial biogenesis and autophagy in muscle can increase skeletal and brown fat mass that consequently increases energy expenditure and reduces diet-induced obesity.

ERKs regulate both mitochondrial biogenesis and autophagy (Sivaprasad and Basu, 2008; Echave et al., 2009; Cagnol and Chambard, 2010; Wang et al., 2014). The localization of phosphorylated ERK2 to the mitochondria is tightly correlated with autophagic/mitophagic cell stress (Dagda et al., 2008). It has been shown that several GPCR proteins including olfactory receptors stimulate ERK phosphorylation by β-arrestin-dependent manners (Bourquard et al., 2015; Eishingdrelo et al., 2015).

Activation of ERK1/2 subsequently triggers phosphorylation of a number of downstream targets that regulate the autophagy pathway. ERK1/2 phosphorylation has been shown to enhance autophagy in Silymarin-treated Beas-2B cells or mediate phosphorylated Bcl-2 regulated starvation-induced autophagy (Tang et al., 2010; Li et al., 2016). It has been shown that MEK-ERK inhibitors, such as U0126, or amino acids can inhibit autophagy (Pattingre et al., 2003; Tang et al., 2010). Several recent studies have reported that ERK-mTOR signaling may play a major role in autophagy regulation. It has been suggested that transiently or moderately activated ERK1/2 inhibits mTOR activity, which improves cytoprotective autophagy (Wang et al., 2009). Recently, Martinez-Lopez et al. (2013), revealed that ERK1/2 phosphorylation could be used to determine the cellular availability of autophagic structures because LC3 II-positive membranes in pre-autophagosomes might promote coordination of the MEK-ERK1/2 signaling cascade. Here, we observed that AzA-driven Olfr544 activation increased ERK1/2 activity both in vitro and in vivo followed by the partial induction of LC3-II-to-LC3-I conversion, a marker of autophagy. However, the ratio LC3-II-to-LC3-I were decreased in mice with acute AzA injection for 120 min, indicating alternative pathways may be involved in the regulation of AzA on autophagy. Nonetheless, the detailed mechanism by which AzA-activated Olfr544 induces autophagy in skeletal muscle is required for further studies.

In this study, we investigated acute effect of Olfr544 activation by AzA in both wild-type and Olfr544 KO mice and there was no HFD group (Figure 5). We also administered AzA orally in HFD fed wild-type and Olfr544 KO mice and there was no chow diet group (Figure 6). It should have been better to include both chow and HFD groups in studies of Figures 5, 6, however, our major interest in experiments in Figures 5, 6 were to examine the effect of Olfr544 activation but not to find the effect of HFD. However, the comparison between normal chow and HFD has been investigated by other researchers. It has been reported that HFD affects expression of genes involved in mitochondrial function and biogenesis (Lauren et al., 2005; Cory et al., 2016). ERK levels and the LC3-II/I ratios are induced in HFD-fed skeletal muscle (Cory et al., 2016). Moreover, a 90 and 40% reduction in mRNA and protein levels, respectively, were observed for Pgc1α after 3-week HFD (Lauren et al., 2005).

Skeletal muscle mitochondria are required for muscle physical performance and are beneficial for treating obesity and obesity-induced T2D owing to their lipid oxidation and glycolytic energy capacities (Rogge, 2009; Gouspillou and Hepple, 2016; Hesselink et al., 2016). Our findings demonstrate a novel function of olfactory receptor Olfr544 in skeletal muscle mitochondrial homeostasis. Olfr544 activation contributions to mitochondria biogenesis via PKA-CREB-PGC-1α and ERK-LC3II signaling (Figure 6D) in skeletal muscle. These data also suggest that Olfr544 may be a potential target to stimulate skeletal muscle function.
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Valosin-containing protein (VCP), also called p97, is an evolutionarily conserved and ubiquitously expressed ATPase with diverse cellular functions. Dominant mutations in VCP are found in a late-onset multisystem degenerative proteinopathy. The neurological manifestations of the disorder include frontotemporal dementia (FTD) and amyotrophic lateral sclerosis (ALS). In these patients, long motor neuron axons could be particularly susceptible to defects in axonal transport. However, whether VCP has a physiological function in maintaining axonal transport and whether this role is impaired by disease-causing mutations remains elusive. Here, by employing live-imaging methods in Drosophila larval axons and performing genetic interaction experiments, we discover that VCP regulates the axonal transport of mitochondria. Downregulation of VCP enhances the retrograde transport of mitochondria and reduces the density of mitochondria in larval axons. This unidirectional motility phenotype is rescued by removing one copy of the retrograde motor dynein heavy chain (DHC), or elevating Miro which facilitates anterograde mitochondrial movement by interacting with the anterograde motor kinesin heavy chain (KHC). Importantly, Miro upregulation also significantly improves ATP production of VCP mutant larvae. We investigate human VCP pathogenic mutations in our fly system. We find that expressing these mutations affects mitochondrial transport in the same way as knocking down VCP. Our results reveal a new role of VCP in mediating axonal mitochondrial transport, and provide evidence implicating impaired mitochondrial motility in the pathophysiology of VCP-relevant neurodegenerative diseases.
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INTRODUCTION

Neurons have exceptionally polarized axons and dendritic processes which enable rapid electrical transmission over a long distance. In humans, certain motor neuron axon terminals are as far as 1 m away from the cell body. Transporting essential organelles from the cell body to the axon terminal and sustaining the healthy organelles in each sub-compartment is a sophisticated challenge throughout the life of a post-mitotic neuron. Defects in axonal transport have been found in diverse neurodegenerative diseases including amyotrophic lateral sclerosis (ALS), Huntington’s disease, and Alzheimer’s disease (Baldwin et al., 2016; Sleigh et al., 2019). A recurring theme in those disorders is that longer axons are more vulnerable to disruptions of the transport of axonal cargoes. Therefore, a better understanding of the cellular mechanisms underlying axonal transport by disease-causing genes will help us uncover how disease mutations impair transport and cause neurodegeneration.

Allocating and sustaining a healthy pool of mitochondria in the extensive arborizations of neurons is especially important due to the multifaceted functions of mitochondria in providing ATP, buffering Ca2+, compartmenting metabolic reactions, and signaling cell death. The bidirectional movement of axonal mitochondria along microtubules is controlled by the anterograde motor kinesin that moves mitochondria from the soma to the axon terminals, and the retrograde motor dynein that transports mitochondria from the axons back to the cell body. Two mitochondrial-specific motor-adaptor proteins, Miro (RhoT1/2) and milton (TRAK1/2), play a key part in the regulation of anterograde transport of mitochondria. Miro is incorporated into the outer mitochondrial membrane (OMM) through Miro’s C-terminal transmembrane domain. Miro binds to milton which in turn binds to kinesin heavy chain (KHC), and in this way, Miro anchors mitochondria to motors and microtubules (Stowers et al., 2002; Guo et al., 2005; Wang and Schwarz, 2009b; Wang et al., 2011; Nguyen et al., 2014). When either Miro or milton is deleted in Drosophila, mitochondria remain in the soma and are unable to enter the axon (Stowers et al., 2002; Guo et al., 2005).

Valosin-containing protein (VCP), also called p97, is an evolutionarily conserved and ubiquitously expressed ATPase with diverse cellular functions (van den Boom and Meyer, 2018). The most-established function of VCP is to facilitate protein degradation through the ubiquitin-proteasome system where VCP binds to thousands of ubiquitinated proteins to assist their degradation by the proteasome. Additionally, VCP plays roles in signaling pathways, lysosome function, and autophagy. Dominant mutations in VCP cause a late-onset multisystem degenerative proteinopathy. The major clinical manifestations of the disorder include inclusion body myopathy (IBM), Paget’s disease of bone (PDB), frontotemporal dementia (FTD), and ALS. Despite the involvement of VCP mutations in multiple neurodegenerative conditions including motor neuron disease, a systemic evaluation of the role of VCP in axonal transport in an in vivo system is currently lacking.

The nervous system of Drosophila is an unsurpassed model to study axonal transport and human diseases. The vast collection of mutant lines and the ease of combining different mutants and transgenes in an intact organism enables robust genetic studies. The Drosophila genome shows a high degree of similarity to the human genome, and many fundamental regulatory processes of the nervous systems are conserved between humans and flies (Wang and Schwarz, 2009a). As a result, Drosophila has been successfully used to establish diverse human neurodegenerative disease models (Gunawardena et al., 2003; Clark et al., 2006; Park et al., 2006; Wang et al., 2007; Kim et al., 2013; Zhang et al., 2017). In Drosophila larvae, the cell bodies of central nervous system neurons are located in the ventral nerve cord. These cell bodies project motor neuron axons to the neuromuscular junctions in larval body wall muscles. We have established a live-imaging system that expresses fluorescent proteins in a subset of the neuronal axons in third instar larvae to study axonal transport of various cargoes (Wang and Schwarz, 2009a).

Fruit flies have one ortholog of VCP (dVCP), and knockout of dVCP is embryonic lethal (Hirabayashi et al., 2001). Mutations homologous to the human pathogenic mutations, VCP-R155H and VCP-A232E, have been introduced in Drosophila, as dVCP-R152H and dVCP-A229E, respectively (Ritson et al., 2010). While expressing wild-type dVCP in the neurons or muscles of flies results in no obvious phenotypes, expressing dVCP-R152H causes locomotor deficits, motor neuron death, and reduces survival (Kim et al., 2013). In this study, we live imaged mitochondria and dense core vesicles in Drosophila third instar larval axons and performed genetic interaction experiments to study the role of dVCP in axon transport. We demonstrated a physiological role for dVCP in regulating mitochondrial transport and the functional and pathological relevance of this role in vivo.



MATERIALS AND METHODS


Fly Stocks

The following fly stocks were used: Da-GAL4, w1118 (Wild-Type), UAS-mCherry (59021, Bloomington Drosophila Stock Center), UAS-DHC64C[1–10] (8747, Bloomington Drosophila Stock Center), UAS-GFP-RNAi (41557, Bloomington Drosophila Stock Center), CCAP-GAL4 (Wang et al., 2011), UAS-T7-DMiroWT (Tsai et al., 2014), UAS-White-RNAi (a gift from Bingwei Lu), UAS-VCP-RNAi1 (24354, Vienna Drosophila Stock Center), UAS-VCP-RNAi2 (Zhang et al., 2017), UAS-dVCP-WT, UAS-dVCP-R152H, and UAS-dVCP-A229E (Ritson et al., 2010).



qPCR

Total RNA was extracted from 20 third instar larvae by homogenization in TRIzol (Thermo Fisher) and mixing with chloroform vigorously. Samples were centrifuged at 12,000 g at 4°C for 15 min. The aqueous phase was then mixed with 100% isopropanol at 1:1 ratio to precipitate RNA. RNA pellets were washed with 70% ethanol, and then resuspended in nuclease-free water. 500 ng of total RNA was used to make cDNA using the iScript cDNA synthesis kit (BioRad) according to the manufacturer’s protocol. cDNA was mixed with TaqMan® Gene Expression Assay Reagents (ThermoFisher) and analyzed by a Step One Plus Real-Time PCR System (Applied Biosystems). Each data point was normalized to the expression level of the housekeeping gene RPL32. The following primers were used (ThermoFisher):

DMiro: Dm02143924_g1

DHC: Dm01822116_m1

KHC: Dm01841230_m1

RPL32: Dm02151827_g1.



Western Blotting

Adult flies (day 5) were lysed as previously described (Wang et al., 2011; Tsai et al., 2014). Lysates were analyzed by SDS-PAGE and immunoblotted with mouse anti-ATP5β (ab14730; AbCam) at 1:3000, mouse anti-β-actin at 1:3000 (ab8224; AbCam), guinea pig anti-DMiro (GP5) at 1:20,000 (Tsai et al., 2014), mouse anti-milton at 1:100 (Stowers et al., 2002), rabbit anti-VCP (SAB1100655; Sigma–Aldrich) at 1:5000, or rabbit anti-Marf (Ziviani et al., 2010) at 1:2000, and HRP-conjugated-goat anti-guinea pig, rabbit, or mouse IgG (Jackson ImmunoResearch Laboratories) at 1:5000.



Live Image Acquisition and Quantification

Third instar wandering larvae were dissected in 1 × Ca2+ free saline (0.128 M NaCl, 2 mM KCl, 5 mM EGTA, 4 mM MgCl2, 5 mM HEPES, 0.0355 M Sucrose) at room temperature (22°C) in a chamber on a glass slide. Samples were imaged at room temperature with a 63 × /N.A.1.30 water Plan-Apochromat objective on a Leica SPE laser scanning confocal microscope (JH Technologies). For imaging motility, Mito-GFP or ANF-GFP was excited by a mercury lamp (HBO100), and images were captured every 2 s using a Leica DFC365 FX CCD camera for SPE II system with an I3 filter LP 515 nm (JH Technologies). Time-lapse movies were obtained continually with 2 s intervals for 100 s. For quantification, kymographs were generated from time-lapse movies by ImageJ. Each kymograph was then imported into a macro written in Labview (NI, TX, United States), and individual Mito-GFP or ANF-GFP puncta were traced using a mouse-driven cursor at the center of the GFP object. Using Matlab (The MathWorks, MA, United States), we determined the following parameters: (1) The instantaneous velocity of each mitochondrion, (2) the average velocity of those mitochondria that are in motion, (3) the percent of time each mitochondrion is in motion, (4) stop frequency, and (5) turn back frequency. The length of Mito-GFP or ANF-GFP puncta was measured using ImageJ from the first frame of the time-lapse series of images. All images were processed with NIH ImageJ using only linear adjustments of contrast and brightness.



Immunostaining of Neuromuscular Junctions

Third instar wandering larvae were dissected in 1 × Ca2+ free saline (0.128 M NaCl, 2 mM KCl, 5 mM EGTA, 4 mM MgCl2, 5 mM HEPES, 0.0355 M Sucrose) at room temperature (22°C) on a sylgard coated dish. Larvae were incubated in 4% formaldehyde in PBS for 20 min at room temperature, and permeabilized overnight at 4°C (PBS + 0.3% Tween). Samples were immunostained with rabbit anti-GFP at 1:500 (A-11122, Invitrogen) overnight, then Alexa488-conjugated-donkey anti-rabbit IgG at 1:500 (711-545-152, Jackson ImmunoResearch Laboratories) and Alexa647-conjugated-goat anti-HRP at 1:100 (123-605-021, Jackson ImmunoResearch Laboratories) overnight. Samples were imaged with a 20 × /N.A.0.60 oil objective on a Leica SPE laser scanning confocal microscope (JH Technologies), with identical imaging parameters among different genotypes. Images were processed with ImageJ using only linear adjustments of contrast and color.



Detection of ATP Levels

ATP levels were measured using a luciferase-based bioluminescence assay (ATP Determination Kit, 11699709001, Life Technologies). For each experiment, individual larvae were homogenized in 100 μl lysis buffer (provided by the kit). Lysates were boiled for 5 min, and cooled down on ice for 5 min. Then lysates were centrifuged at 14,000 r/min for 2 min. Supernatant was next diluted to 1:100 with reaction buffer (provided by the kit) and luciferase was added for 1 min at 25°C. The luminescence was immediately measured using a FlexStation 3 (Molecular Devices). Each reading was normalized to the protein concentration measured by a bicinchoninic acid (BCA) assay (23227, Thermo Scientific).



Behavioral Assays

Crawling ability was defined as the distance larvae crawled in 60 s on a 60 mm grape agar plate poured over a 2 mm grid paper. Larvae were tested individually and given 10 s to acclimate to the environment. Videos were taken and scored blindly.



Statistical Analysis

Throughout this paper, the distribution of data points is expressed as mean ± standard error of the mean (SEM), unless otherwise stated. Student T-test was used for statistical comparisons between two groups. One-way ANOVA post hoc Tukey test was performed for comparisons among multiple groups (adjustment applied) except otherwise stated. Statistical tests (one-sided) were performed using excel or SPSS.




RESULTS


Downregulation of dVCP Alters Axonal Transport of Mitochondria

In order to study the normal functions of dVCP, we ablated dVCP expression in flies. Because complete knockout of dVCP is embryonic lethal which does not permit imaging axonal organelles in larvae, we obtained two independent UAS-dVCP RNAi lines (Zhang et al., 2017). We employed the upstream activating sequence (UAS)-GAL4 system to turn on RNAi in a specific tissue (Brand and Perrimon, 1993). dVCP RNAi ubiquitously driven by the moderate driver Da-GAL4 allowed adult survivors. Using Western blotting, we confirmed partial reduction of dVCP protein expression by dVCP RNAi (Figure 1A). We found no significant changes of multiple mitochondrial markers including fly Miro (DMiro), milton, mitofusin (Marf), and ATP5β in dVCP RNAi mutant flies compared with wild-type controls (Figures 1A,B and Supplementary Figure S1A). These results are consistent with a recent report showing that in iNeurons with VCP inhibition, there is no drastic change in the abundances of OMM proteins including Miro and mitofusin (Ordureau et al., 2020).
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FIGURE 1. Knockdown of dVCP alters axonal transport of mitochondria. (A) Whole body lysates from adult flies five days after eclosion were immunoblotted as indicated. Protein band intensities are normalized to those of β-actin and graphed as relative change compared to “Da-GAL4 > Wild-Type.” β-Actin levels are not significantly different among all genotypes. n = 3–6 independent experiments. (B) The mRNA expression levels were detected by qPCR on third instar larvae using primers amplifying genes as indicated, normalized to the expression levels of RPL32 within the same experiment (n = 4 independent experiments). (C–F) Mitochondrial motility parameters are extracted from live imaging movies of mitochondria in larval CCAP-GAL4 expressing axons passing segment A3. (C) Mitochondrial movement labeled by Mito-GFP driven by CCAP-GAL4. The first frame of each live imaging series is shown above a kymograph generated from the movie. The x-axis of each kymograph is mitochondrial position, and the y-axis corresponds to time (moving from top to bottom). Vertical white lines represent stationary mitochondria and diagonal lines are moving mitochondria. (D) From kymographs as in C, the percent of time each mitochondrion is in motion in the anterograde and retrograde directions is determined and averaged (n = 164–334 mitochondria). (E) From kymographs as in C, the number of mitochondria present per 75 μm axon is quantified (n = 20–23 axons). (F) The length of each Mito-GFP punctum is quantified and averaged (n = 164–334 mitochondria). For D–F, 20–23 axons were imaged from 7 to 10 larvae per genotype. Comparisons with “CCAP-GAL4 > Mito-GFP, Wild-Type”. Scale bar = 7.5 μm. **P < 0.01, ***P < 0.001, and error bars represent mean ± SEM here and for all figures.


To study the role of dVCP in mitochondrial transport, we live imaged mitochondrial movement in axons of third instar larvae. We labeled mitochondria with Mito-GFP in neuropeptidergic neurons driven by CCAP-GAL4, which allowed tracing individual mitochondrion moving in a single axon (Wang and Schwarz, 2009a; Tsai et al., 2017). We applied this live-imaging method to third instar larvae with dVCP RNAi. Notably, we found that the percentage of time axonal mitochondria spent moving in the retrograde direction was significantly increased in dVCP RNAi (line 1), and mitochondrial density in these axons was decreased compared to wild-type (Figures 1C–E). The velocities of moving mitochondria in either direction and the frequencies that mitochondria stopped or reversed directions were not significantly affected (Supplementary Figure S1B). Importantly, we observed similar phenotypes in a second dVCP RNAi line (line 2) (Figure 1). In this line, mitochondrial density was significantly decreased compared to wild-type, and the percentage of time mitochondria spent in moving in the retrograde direction was increased, although it did not reach statistical significance (p = 0.075). We confirmed that there was a lack of Mito-GFP in synaptic boutons at the neuromuscular junctions of dVCP RNAi (Supplementary Figure S1C), indicating that few mitochondria were delivered to the terminal. The supply shortage of presynaptic mitochondria may consequently disrupt synaptic innervations of muscles. To exclude the possibility of any artifact caused by our UAS-GAL4 system, we live imaged mitochondrial transport in axons with RNAi of the white gene, which determines the eye color of flies. By contrast, white RNAi did not affect mitochondrial density nor motility (Figure 1 and Supplementary Figure S1B), suggesting that the mitochondrial phenotypes we found in dVCP RNAi were caused by downregulation of dVCP. While there was no obvious mitochondrial accumulation or clumping (Figure 1C), the length of Mito-GFP puncta was slightly increased by dVCP RNAi (Figure 1F). However, because white RNAi also elongated Mito-GFP puncta (Figure 1F) and the increase in Mito-GFP punctum length by dVCP RNAi was very minor, this phenotype may not be biological meaningful. The unidirectional motility phenotype was not due to a change in the transcription of motor protein genes, as the mRNA expression of neither KHC nor dynein heavy chain (DHC) was influenced by dVCP RNAi as detected by quantitative real-time PCR (qPCR) (Figure 1B). In summary, dVCP deficiency causes mitochondria to spend more time in the retrograde direction and results in fewer mitochondria in the axons and synaptic boutons.



dVCP Genetically Interacts With Dynein to Regulate Mitochondrial Transport

One potential cause of the unique motility phenotype in dVCP RNAi axons (Figure 1) was that the activity of the retrograde motor dynein itself was enhanced or the function of a mitochondrial dynein-adaptor was affected. If this was the case, mitochondria traveling in the retrograde direction would outnumber those in the anterograde direction, which may lead to fewer mitochondria left in the axons. To explore this possibility, we determined whether dynein and dVCP genetically interacted by removing one copy of DHC from the dVCP RNAi background (Gunawardena et al., 2003). Consistent with other reports (Gunawardena et al., 2003), keeping only one copy of DHC in a wild-type background (DHC64 +/−) was sufficient to support mitochondrial movement and did not cause any phenotypes (Figure 2). However, removing one copy of DHC from the dVCP RNAi background prevented the phenotypes of increased retrograde mitochondrial transport and decreased mitochondrial density. This result confirmed that DHC and dVCP genetically interacted to regulate mitochondrial density and motility. Our findings suggest that dVCP may either inhibit the function of dynein or act through a dynein-adaptor to coordinate motor activities for transporting mitochondria in axons.
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FIGURE 2. dVCP genetically interacts with dynein to regulate mitochondrial transport. (A) Mitochondrial movement labeled by Mito-GFP driven by CCAP-GAL4 in representative axons passing segment A3. The first frame of each live-imaging series is shown above a kymograph generated from the movie. (B) The percent of time each mitochondrion spends moving in the anterograde and retrograde directions is determined and averaged (n = 183–401 mitochondria). (C) The density of mitochondria (number per 75 μm) is shown (n = 13–31 axons). (B,C) Two-way ANOVA test reveals a significant difference between the impact of DHC64C +/− on wild-type and on dVCP RNAi for retrograde movement (P = 0.035) and density (P < 0.001). (D) The length of each Mito-GFP punctum is quantified and averaged (n = 183–401 mitochondria). For B–D, 13–31 axons were imaged from 6–12 larvae per genotype. Comparisons with “CCAP-GAL4 > Mito-GFP, Wild-Type” (same data as in Figure 1) unless otherwise indicated. Scale bar = 7.5 μm. *P < 0.05, **P < 0.01, ***P < 0.001.




Upregulation of Fly Miro Rescues Defects in Mitochondrial Transport Caused by dVCP RNAi

If the function of dynein or a dynein-adaptor was impacted in dVCP RNAi larvae and this caused more mitochondria to move out of the axons as our earlier results suggested (Figure 2), forcing mitochondria to re-enter the axons may also help rebalance the directional equilibrium of mitochondrial movement. To test this hypothesis, we overexpressed DMiro in dVCP RNAi larvae. DMiro has been shown to facilitate the anterograde mitochondrial transport by interacting with milton and KHC (Stowers et al., 2002; Glater et al., 2006). Indeed, upregulating DMiro in dVCP RNAi increased the percent of time mitochondria spent moving in the anterograde direction compared to that in dVCP RNAi alone. This approach also reduced the percent of time mitochondria spent moving in the retrograde direction, restored mitochondrial density, and shortened Mito-GFP punctum length to the wild-type level (Figures 3A–D). To exclude the possibility that the genetic backgrounds during the fly crossing rather than the DMiro transgene caused the rescue in dVCP RNAi, we expressed mCherry in dVCP RNAi, and we did not observe any rescue effect (Figures 3A–D). We next measured the ATP levels in third instar larvae with ubiquitous dVCP RNAi knockdown driven by Da-GAL4. dVCP RNAi reduced the ATP levels, and elevating DMiro significantly improved ATP production (Figure 3E). It is likely that redistributing mitochondria into axons and synaptic boutons by DMiro can rebalance gross energy homeostasis. Furthermore, dVCP RNAi third instar larvae were sluggish and slow in crawling (Figure 3F). This phenotype was not rescued by DMiro expression (Figure 3F). It is possible that behavioral improvements occur subsequently to mitochondrial functional improvements. Because the third instar larval stage is the final stage of larval development, our system may not allow us to see the long-term behavioral benefits of DMiro expression. Taken together, our results demonstrate that augmenting DMiro recalibrates the directionality of axonal mitochondrial movement and restores overall energy homeostasis in larvae lacking dVCP.


[image: image]

FIGURE 3. Overexpression of fly Miro rescues defects in mitochondrial transport caused by dVCP RNAi. (A) Mitochondrial movement labeled by Mito-GFP driven by CCAP-GAL4 in representative axons passing segment A3. The first frame of each live-imaging series is shown above a kymograph generated from the movie. (B) The percent of time each mitochondrion spends moving in the anterograde and retrograde directions is determined and averaged (n = 125–344 mitochondria). (C) The density of mitochondria (number per 75 μm) is shown (n = 12–28 axons). (B,C) Two-way ANOVA test reveals a significant difference between DMiro’s impact on wild-type and on dVCP RNAi for retrograde movement (P < 0.001) and near significant difference for density (P = 0.088). (D) The length of each Mito-GFP punctum is quantified and averaged (n = 125–344 mitochondria). For B–D, 12–28 axons were imaged from 6–12 larvae per genotype. Comparisons with “CCAP-GAL4 > Mito-GFP, Wild-Type” (same data as in Figure 1) unless otherwise indicated. (E) Quantification of the total ATP level normalized to the protein concentration in third instar larvae (n = 5–6 larvae). (F) Larval locomotor ability was determined by the average distance in mm crawled in 60 s (n = 47–75 larvae). For E,F, comparisons with “Da-GAL4 > Wild-Type” unless otherwise indicated. Scale bar = 7.5 μm. *P < 0.05, **P < 0.01, ***P < 0.001.




Pathogenic Mutations of dVCP Alter Axonal Transport of Mitochondria Similarly as Downregulation of dVCP

We investigated whether human pathogenic mutations of VCP affected mitochondrial transport using our live-imaging system in fly larvae. We expressed wild-type dVCP (dVCP-WT), and mutant forms of dVCP (dVCP-R152H or dVCP-A229E) in CCAP-GAL4-driven larval axons together with Mito-GFP using the UAS-GAL4 system. We live imaged mitochondrial transport and analyzed movement parameters. We confirmed that both wild-type and mutant dVCP expressed at comparable levels by Western blotting (Supplementary Figure S1D). Interestingly, while dVCP-WT had little effect on mitochondrial transport, both dVCP-R152H and dVCP-A229E decreased mitochondrial density in axons (Figures 4A,C), similar to dVCP RNAi (Figure 1). dVCP-A229E also significantly increased the percent of time mitochondria traveled in the retrograde direction (Figures 4A,B), like dVCP RNAi (Figure 1). Both wild-type and pathogenic dVCP subtly increased Mito-GFP punctum length (Figure 4D), although there was no obvious mitochondrial aggregation (Figure 4A). Therefore, mutations homologous to human pathogenic mutations, especially A229E, act on mitochondrial motility and density in a dominant negative manner.


[image: image]

FIGURE 4. Pathogenic mutations of dVCP alter axonal transport of mitochondria similarly as downregulation of dVCP. (A,E) Organelle movement labeled by Mito-GFP or ANF-GFP driven by CCAP-GAL4 in representative axons passing segment A3. The first frame of each live-imaging series is shown above a kymograph generated from the movie. (A) Representative images and kymographs show mitochondrial movement. (B) From kymographs as in A, the percent of time each mitochondrion spends moving in the anterograde and retrograde directions is determined and averaged (n = 141–273 mitochondria). (C) The mitochondrial density (number per 75 μm) is shown (n = 18–28 axons). (D) The length of each Mito-GFP punctum is measured and averaged (n = 141–273 mitochondria). For B–D, 18–28 axons were imaged from 6–12 larvae per genotype. The data of “CCAP-GAL4 > Mito-GFP, Wild-Type” are the same as in Figure 1. Comparisons with “CCAP-GAL4 > Mito-GFP, UAS-dVCP-WT” as indicated. (E) Representative images and kymographs show movement of dense core vesicles from larvae of the indicated genotypes. (F) From kymographs as in E, the percent of time each dense core vesicle (DCV) spends moving in each direction, the density of DCV, and the length of DCV are calculated (n = 164–260 DCV). Comparisons with “CCAP-GAL4 > ANF-GFP, Wild-Type.” Scale bars = 7.5 μm. *P < 0.05, **P < 0.01, ***P < 0.001.




Downregulation of dVCP Does Not Affect Axonal Transport of Dense Core Vesicles

Because dynein is a motor shared by multiple cargoes, we determined whether other cargoes were similarly affected by dVCP RNAi. Using our imaging system in larvae, we live recorded dense core vesicles labeled by ANF-GFP in axons. In contrast to the phenotypes of mitochondria, we did not detect any defect in the movement, density, or length of ANF-GFP puncta in dVCP RNAi (Figures 4E,F). These results suggest that dVCP specifically regulates mitochondrial transport, likely through a mitochondrial dynein-adaptor, rather than dynein itself.




DISCUSSION

In this study, we have revealed a crucial role of dVCP in regulating axonal mitochondrial motility in vivo. We have provided genetic evidence linking dVCP to the dynein motor, and have shown that rebalancing the directions of mitochondrial movement is beneficial for mitochondrial function. Importantly, we have demonstrated that mutations homologous to human pathogenic VCP impact mitochondrial transport in a dominant negative fashion in flies, adding a new layer of understanding to VCP-linked diseases.

Although VCP is a well-known master regulator of diverse cellular functions and processes, VCP’s importance in axonal transport has not been studied. This is a missed opportunity, because VCP mutations are found in ALS, where defective mitochondrial transport has emerged as a central theme in the pathology of the disease (Granatiero and Manfredi, 2019). Our findings are in line with previous reports implicating the significant involvement of trafficking deficits in the etiology of motor neuron disease (Baldwin et al., 2016; Granatiero and Manfredi, 2019). Interestingly, overexpressing Miro has been shown to rescue phenotypes of mitochondrial motility in a SOD1 cultured neuron model of ALS (Moller et al., 2017). In our VCP fly model, the defects of mitochondrial transport are not identical to those in the SOD1 model, yet upregulation of Miro is beneficial in both models (Figure 3). Similarly in a SOD1 mouse model of ALS, reducing Parkin has been found to delay the loss of Miro, slow motor neuron loss, and prolong survival (Palomo et al., 2018). These findings indicate that Miro may be a converging therapeutic target in genetically distinct ALS/FTD patients. Importantly, we have previously shown that small molecules removing Miro from damaged mitochondria rescue neuron loss and improve locomotor abilities in Parkinson’s disease models (Hsieh et al., 2019). Therefore, pharmacologically manipulating Miro seems to have great potential for treating multiple neurodegenerative diseases.

VCP has been shown to regulate mitofusin levels and mitophagy (Kim et al., 2013; Zhang et al., 2017). In our experimental settings, multiple mitochondrial proteins including Miro, mitofusin, milton, and ATP5β are unaltered in dVCP RNAi (Figure 1A and Supplementary Figure S1A), suggesting that mitophagy is intact. Consistent with our results, a very recent paper has shown when VCP is inhibited in iNeurons, the protein abundances of OMM proteins including mitofusin and Miro are not dramatically affected (Ordureau et al., 2020), indicating that VCP does not play a significant role in controlling OMM protein turn over. The different results are likely caused by differences in the experimental systems. Alternatively, VCP may have distinct roles in different tissues at different developmental stages. In high energetic tissues such as adult flight muscles (Zhang et al., 2017), VCP’s role in mitophagy may be more important than in other tissues.

Long-term neuronal homeostasis and survival rely heavily on a sustained supply of healthy mitochondria in each micro-domain during the lifetime of a neuron (Wang and Schwarz, 2009a; Course and Wang, 2016). The ability of dVCP to orchestrate motor functions could be essential to maintaining synaptic structure and transmission, particularly at the terminals of long axons. We have revealed that an unidentified mitochondrial-specific dynein-adaptor works in concert with dVCP to modulate mitochondrial transport. Elevating the mitochondrial kinesin-adaptor Miro may enhance the function of kinesin and antagonize the activity of the dynein complex when dVCP is missing (Figure 3). These findings support a model where individual motors and adaptors on the same cargo coordinate and influence each other’s actions. Our study adds a new branch to the already complex biological functions of VCP and emphasizes the importance of VCP in neuronal physiology.
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Mitochondria are highly dynamic organelles constantly undergoing fusion and fission. Ca2+ regulates many aspects of mitochondrial physiology by modulating the activity of several mitochondrial proteins. We previously showed that inhibition of constitutive IP3R-mediated Ca2+ transfer to the mitochondria leads to a metabolic cellular stress and eventually cell death. Here, we show that the decline of mitochondrial function generated by a lack of Ca2+ transfer induces a DRP-1 independent mitochondrial fragmentation that at an early time is mediated by an increase in the NAD+/NADH ratio and activation of SIRT1. Subsequently, AMPK predominates and drives the fragmentation. SIRT1 activation leads to the deacetylation of cortactin, favoring actin polymerization, and mitochondrial fragmentation. Knockdown of cortactin or inhibition of actin polymerization prevents fragmentation. These data reveal SIRT1 as a new player in the regulation of mitochondrial fragmentation induced by metabolic/bioenergetic stress through regulating the actin cytoskeleton.
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INTRODUCTION

Mitochondria are a highly dynamic interconnected network of organelles that catalyze the synthesis of most cellular energy in the form of ATP, play a vital role in metal ion homeostasis, regulate several types of cell death and work as a hub for the biosynthesis of building blocks necessary for the generation of amino acids, lipids, and nucleotides (Ahn and Metallo, 2015; Spinelli and Haigis, 2018; Ward and Cloonan, 2019). Mitochondria also play a major role in the regulation of cellular calcium (Ca2+), shaping cytosolic Ca2+ signal by acting as a Ca2+ buffer to produce different cellular responses (Contreras et al., 2010). In addition to modulating the cytosolic Ca2+ patterns, the uptake of Ca2+ by mitochondria, mediated by the mitochondrial Ca2+ uniporter (MCU) (De Stefani et al., 2016), increases the activity of several proteins in the mitochondrial matrix including three key dehydrogenases of the tricarboxylic acid (TCA) cycle, the F1-F0 ATP synthase and the malate-aspartate shuttle (Glancy and Balaban, 2012; Del Arco et al., 2016). Ca2+ is mainly mobilized to the mitochondria from the endoplasmic reticulum (ER), the major Ca2+ storage organelle in most cells, with which it is functionally and physically coupled in special regions known as mitochondria-associated membranes (MAMs) (Csordas et al., 2010; Marchi et al., 2017). Ca2+ transfer from the ER to the mitochondria is mainly mediated by the inositol 1,4,5-trisphosphate (InsP3) receptors (IP3Rs), a family of three Ca2+ channels activated by InsP3 (Foskett et al., 2007). Physiological stimulation with InsP3-generating agonists generates an increase of cytosolic Ca2+ followed by a mitochondrial Ca2+ increase that induces a rise in the levels of NADPH due to a change in the pyruvate dehydrogenase (PDH) activity (Rizzuto et al., 1998; Robb-Gaspers et al., 1998). Corroborating this result, we found that in unstimulated conditions, the constitutive IP3R-mediated Ca2+ release is fundamental to maintain the optimal activity of PDH, energy levels and cellular homeostasis. In fact, inhibition of the Ca2+ transfer to mitochondria by inhibition of either the IP3R or MCU causes a bioenergetic crisis that activates AMPK and autophagy as a part of a survival response (Cardenas et al., 2010).

The energy status of the cell is often associated with specific mitochondrial morphologies, which are mainly the result of two highly dynamic processes such as the mitochondrial fusion and fission (Mishra and Chan, 2016). Increases in oxidative phosphorylation (OXPHOS) activity have been associated with fusion and elongation of the mitochondrial network in yeast (Egner et al., 2002; Jakobs et al., 2003) and mammalian cells (Rossignol et al., 2004; Mitra et al., 2009; Tondera et al., 2009). OXPHOS activity induces mitochondrial fusion by promoting the dimerization of mitofusin and organelle tethering (Shutt et al., 2012) and by stimulating the activity of the metalloprotease Yme1L which process Opa1, leading to activation of its fusion activity (Mishra et al., 2014). Conversely, OXPHOS inhibition and mitochondrial dysfunction induce fission and fragmentation of the mitochondrial network in several cellular contexts (Benard et al., 2007; Knott and Bossy-Wetzel, 2008; Liot et al., 2009). Nevertheless, mitochondrial fission plays a fundamental physiological role in mitochondrial transport, mitophagy and apoptosis (Suen et al., 2008; Mao and Klionsky, 2013; Fukumitsu et al., 2016; Burman et al., 2017; Trevisan et al., 2018; Wang and Zhang, 2018). Mitochondrial fission is a multi-step process that in most scenarios, depends on the dynamin-related protein1 (Drp1), which upon stimulation is recruited to the outer mitochondrial membrane where it forms a multimeric ring-like structure at mitochondrial fission sites that constricts and subsequently splits mitochondria (Kraus and Ryan, 2017). Mitochondrial fission also involves dynamin-2 (Dnm2) (Lee et al., 2016), the endoplasmic reticulum (Friedman et al., 2011), myosin II (Korobova et al., 2014), actin (Li et al., 2015) and actin associated proteins such as INF2 (Korobova et al., 2013), Spire 1C (Manor et al., 2015), and cofilin (Li et al., 2018). Mitochondrial fission occurs at the mitochondria–ER contacts, where the ER initiates the process by surrounding mitochondria and marking the constriction site (Friedman et al., 2011). Then, the ER-bound INF2 and the mitochondrial Spire1C induces actin nucleation and polymerization at this site (Manor et al., 2015), which most likely, provides the mechanical force to drive mitochondrial pre-constriction together with Myosin IIa (Korobova et al., 2014). At this site, MFF and MiDs recruit Drp1 where it oligomerizes to a ring-like structure enhancing the pre-existing mitochondrial constriction site in a GTP-hydrolysis fashion (Loson et al., 2013). Finally, Dnm2 is recruited to Drp1-mediated mitochondrial constriction neck where it assembles and terminates membrane scission (Lee et al., 2016). The actin-binding proteins cofilin and cortactin are also involved in this process (Li et al., 2015, 2018; Rehklau et al., 2017), but their exact role is less clear. Nonetheless, Drp1-independent mitochondrial fission has been described (Pagliuso et al., 2018). AMPK, the main energetic sensor of the cell (Hardie et al., 2016), regulates various aspects of the mitochondrial biology including mitochondrial biogenesis, mitochondrial quality control, and mitochondrial dynamics (Herzig and Shaw, 2018). Regarding AMPK, it has been known for a long time that suppression or reduction of mitochondrial ATP synthesis triggers mitochondrial fragmentation and the mechanism behind this phenomenon was recently unveiled by Toyama et al. (2016) who show that under bioenergetic stress induced by OXPHOS inhibitors, activated AMPK in turn activates the Drp1 receptor Mff by phosphorylation, promoting the recruitment of Drp1 to constriction sites. In addition to AMPK, sirtuins, a family (SIRT1–SIRT7) of evolutionarily conserved NAD+-dependent deacetylases, have emerged as crucial sensors of metabolic and cellular energy balance (Giblin et al., 2014). SIRT3, SIRT4, and SIRT5, reside within the mitochondria, where they modify subunits of the electron transport chain (ETC), enzymes of the TCA cycle (Hebert et al., 2013; Park et al., 2013) and enzymes involved in fatty acid oxidation, and amino acid metabolism (Haigis et al., 2006; Csibi et al., 2013; Jeong et al., 2013). Moreover, SIRT3 and SIRT5 participate in the regulation of mitochondrial dynamics, as their activation protects from fragmentation (Morigi et al., 2015; Guedouari et al., 2017; Pillai et al., 2017). Interestingly, the activation of SIRT1 by increases in the NAD+ levels or by resveratrol, induces mitochondrial fragmentation (Ren et al., 2017), suggesting the presence of a specific mechanism that regulates mitochondrial dynamics inside and outside the mitochondria. Here we show that the bioenergetic/metabolic stress caused by lack of Ca2+ transfer from the ER to the mitochondria induces mitochondrial fragmentation through a mechanism mediated by the action of SIRT1 on cortactin at an early time point, which is followed by the activation of AMPK acting through Drp1 and SIRT1 upon a sustained bioenergetic/metabolic stress.



RESULTS


The Lack of Ca2+ Transfer to Mitochondria Induces Mitochondrial Fragmentation

Spontaneous low-level IP3R-mediated Ca2+ transfer to mitochondria is essential for optimal oxidative phosphorylation (OXPHOS) and ATP production. Inhibition of IP3R activity or mitochondrial Ca2+ uptake decreases pyruvate dehydrogenase activity, generating a bioenergetic crisis characterized by reduced oxygen consumption, AMPK, and autophagy activation in several cell types (Cardenas et al., 2010, 2016). As mitochondrial function is related to its morphology, we inhibited spontaneous IP3R-mediated Ca2+ signals in HeLa cells with the specific IP3R inhibitor Xestospongin B (XeB, 5 μM) for 1 h (Figure 1A) and mitochondrial morphology was determined by immunolabeling of the outer mitochondrial membrane (OMM) protein TOMM20 with confocal microscopy. As shown in Figures 1B,E, control cells reveal an interconnected network of long tubular mitochondria, which almost completely fragments into round-shaped mitochondria upon inhibition of IP3R. Transmission electron microscopy (TEM) confirmed the presence of numerous small rounded mitochondria in the XeB treated cells, while control cells show three to four-times longer mitochondria (Supplementary Figure S1A). Notably, mitochondrial fragmentation was not accompanied by evident structural rearrangements of the cristae (Supplementary Figure S1B). The fragmentation induced by IP3R inhibition with XeB was also observed in cell lines derived from glioma (U-87), breast (MCF10A), kidney (HEK293), and primary human fibroblasts (HF) (Supplementary Figure S2). To discard that the mitochondrial fragmentation observed corresponds to an off-target effect of XeB, type 1, and type 3 IP3R were simultaneously knocked down with a pool of siRNA [69 ± 3 and 61 ± 3.6%, respectively] (Figure 1C) and the status of the mitochondrial network determined. As shown in Figures 1D,F, the reduction of IP3R expression also induced mitochondrial fragmentation in a significant part of the cell population. Moreover, the incubation of HeLa cells with the permeable chelator BAPTA-AM (1 μM, 1 h), but not the pH sensor BCECF-AM (1 μM, 1 h), had a similar effect (Supplementary Figures S3A,B) confirming the essential role of Ca2+ signal to maintain the mitochondrial network. Mitochondrial fragmentation is usually accompanied by loss of mitochondrial membrane potential (ΔΨm). Thus, to determine the effect of IP3R inhibition on ΔΨm we labeled the cells with TMRE in non-quenching mode (8 nM TMRE for 1 h), treated with 5 μM XeB and imaged every 15 min. As shown in the representative confocal images of Supplementary Figure S3C, the inhibition of IP3R induces mitochondrial hyperpolarization rather than a loss of ΔΨm, a result confirmed by flow cytometry (Supplementary Figure S3D). Autophagy machinery is capable of inducing mitochondrial fission (Yamashita et al., 2016) and since the inhibition of Ca2+ transfer to the mitochondria induces autophagy (Cardenas et al., 2010) we determined whether the autophagosomes colocalized with mitochondria. As shown in Supplementary Figure S3E, despite a great increase in autophagosome formation, not much colocalization with mitochondria is observed. To determine whether the lack of Ca2+ transfer from the endoplasmic reticulum (ER) to mitochondria is responsible for the mitochondrial fragmentation and no other cellular mechanism dependent on IP3R-mediated Ca2+ signals, a transient knockdown of the mitochondrial Ca2+ uniporter (MCU), the protein responsible of the uptake of Ca2+ in the mitochondria (De Stefani et al., 2011) was performed with a specific pool of siRNA and mitochondrial morphology was evaluated. As shown in Figure 2A, 90% MCU knockdown (Figure 2A) caused a dramatic fragmentation of the mitochondrial network compared with control cells treated with a non-target siRNA (Figures 2B,C). These results suggest that Ca2+ transfer from the ER to mitochondria is essential to maintain the mitochondrial network. The interruption of spontaneous Ca2+ transfer from the ER through the IP3R to mitochondria causes a decrease in mitochondrial function as determined by oxygen consumption rate (OCR) after either inhibition with XeB (5 μM, 1 and 4 h) or siRNA-induced knockdown of the IP3Rs (24 h) or MCU (72 h) (Figures 2D,F). Thus, to determine whether the bioenergetic crisis generated by the lack of mitochondrial function or an independent phenomenon is what causes the disruption in the mitochondrial network, we inhibited the IP3R with XeB (5 μM, 4 h) in the presence of the mitochondrial substrate methyl-pyruvate (5 mM), which energizes mitochondria overcoming the bioenergetic effects induced by the ER-mitochondrial Ca2+ transfer inhibition (Cardenas et al., 2010, 2016). Surprisingly, methyl-pyruvate was able to protect the mitochondrial network from fragmentation (Figures 2G,H), confirming that it is the mitochondrial reduced-function that causes the loss of mitochondrial network integrity.
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FIGURE 1. Inhibition of IP3R-mediated calcium transfer to mitochondria causes mitochondrial fragmentation. (A) Representative recordings of spontaneous Ca2+ release events observed by TIRF microscopy in unstimulated Hela cells treated or not with 5 μM XeB. Every trace represents a Fluo-4-AM fluorescence ratio (ΔF/F0) where ΔF corresponds to the fluorescence change at each pixel relative to the mean resting fluorescence (F0) before stimulation. (B) Hela cells were treated with 5 μM XeB or vehicle for 60 min and then immunostained with anti-TOMM20 to detect mitochondria. Bar: 10 μm. (C) Representative Western blots of type 1 and 3 IP3R in Hela cell simultaneously transfected with siRNA against type 1 and type 3 IP3Rs (KD) or a non-target (NT) siRNA as control. Bar graph: IP3R1/tubulin and IP3R3/tubulin expressed as average fold increase over basal levels (control cells, NT). Mean ± SEM of 3 independent experiments with 5 replicates each. ***P < 0.001 compared to control. (D) Confocal images of Hela cells simultaneously transfected with siRNA for type 1 and type 3 IP3Rs (KD) or a non-target (NT) siRNA as control for 48 h and immunostained with anti-TOMM20 to detect the mitochondrial network. Bar: 10 μm. (E,F) Mitochondrial morphology analysis of cells treated with XeB (B) or knockdown (KD) for IP3Rs (D). Fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. For the analysis of the mitochondrial network 150 cells/condition were scored in each of the 3 independent experiments ***p < 0.001.
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FIGURE 2. The bioenergetic stress caused by the inhibition of IP3R-mediated Ca2+ transfer to the mitochondria is responsible for the mitochondrial network fragmentation. (A) Representative Western blot of MCU in HeLa cells transfected with a siRNA against MCU (KD) or a non-target (NT) siRNA as control. Bar graph: MCU/tubulin expressed as average fold increase over basal levels (control cells, NT). Mean ± SEM of 3 independent experiments with 4 replicates each. ***P < 0.001 compared to control. (B) Confocal images of Hela cells transfected with siRNA for MCU (KD) or a non-target (NT) siRNA as control for 72 h and immunostained with anti-TOMM20 to detect the mitochondrial network. Bar: 10 μm. (C) Mitochondrial morphology analysis of MCU knockdown (KD) cells on (B); Fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. (D–F) Basal and maximum oxygen consumption rate (OCR) determined by Seahorse after the addition of oligomycin (a), FCCP (b), and rotenone (c) in HeLa cells treated with XeB or knockdown (KD) for IP3Rs or MCU. (G) Confocal images of Hela cells treated with 5 μM XeB for 60 min in the presence of methyl-pyruvate immunostained with anti-TOMM20 to detect the mitochondrial network. Bar: 10 μm. (H) Mitochondrial morphology analysis of MCU knockdown (KD) cells on (B); Fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, and networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. ***p < 0.001. ns, not significant.


All together our results demonstrate that lack of Ca2+ transfer to mitochondria reduces its activity causing mitochondrial fragmentation.



Mitochondrial Reduced-Function Induces Fragmentation and Is Mediated by SIRT1

The acute inhibition of IP3R-mediated Ca2+ transfer to the mitochondria lowers cell ATP levels and activates AMPK (Supplementary Figures S4A,B) as described before (Cardenas et al., 2010, 2016), which has recently been shown to participate in the mitochondrial fragmentation induced by energy stress (Toyama et al., 2016). To determine whether AMPK plays a role in mitochondrial fragmentation we inhibited IP3R with XeB in the presence of compound C (CC), a known AMPK inhibitor, for 4 h and mitochondrial morphology was determined. Unexpectedly, the inhibition of AMPK was unable to prevent mitochondrial fragmentation (Supplementary Figures S4C,D). Another important cellular bioenergetic sensor is the NAD+ -dependent deacetylase SIRT1 (Chang and Guarente, 2014). Since the inhibition of IP3R affects the activity of the TCA cycle enzyme pyruvate dehydrogenase and possibly the activity of the isocitrate and the α-ketoglutarate dehydrogenases, which are Ca2+ dependent (Glancy and Balaban, 2012), it is expected that in addition to the drop in the ATP levels, the NAD+/NADH ratio also changes, therefore affecting the activity of SIRT1. We therefore determined the NAD+/NADH ratio after IP3R inhibition, finding a significant increase that was time and concentration dependent (Figure 3A). As an increase in the NAD+/NADH ratio likely activates SIRT1, we determined the levels of acetylation of p53, a known substrate of SIRT1 by Western blot, finding a significant decrease after 1 h or 4 h treatment with the IP3R inhibitor XeB (Figure 3B). Interestingly, the expression levels of SIRT1 significantly increased after 4 h of IP3R inhibition with XeB (Supplementary Figure S5A). To determine if SIRT1 participates in the mitochondrial fragmentation induced by the bioenergetic stress caused by IP3R inhibition, we simultaneously inhibited IP3R with 5 μM XeB and SIRT1 activity with 12.5 μM EX527 and mitochondrial morphology was determined after 4 h. As shown in Figures 3C,D, the inhibition of SIRT1 protected the mitochondrial network from fragmentation. To further confirm the role of SIRT1 in mitochondrial fragmentation we evaluated the status of the mitochondrial network in SIRT1 knockout (KO) MEF cells. A robust mitochondrial network was observed in both wild-type (WT) and SIRT1 KO MEF cells in basal conditions, however, upon IP3R inhibition with XeB (5 μM, 4 h) the mitochondrial network completely fragmented in control cells, while remaining unchanged in SIRT1 KO cells (Figures 3E,F). To determine whether the activation of SIRT1 was sufficient to induce mitochondrial fragmentation, we treated Hela cells with β-nicotinamide mononucleotide (NMN), a molecule known to increase the levels of NAD+ and activate SIRT1 (Imai and Guarente, 2016) for 12 h. As is shown in Supplementary Figures S5B,C, NMN treatment induced fragmentation of the mitochondrial network. Altogether, our data show that the mitochondrial fragmentation generated by the bioenergetic crisis induced by inhibition of Ca2+ transfer to the mitochondria is mediated by SIRT1.
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FIGURE 3. The activation of SIRT1 is necessary for the mitochondrial fragmentation induced by inhibition of IP3R-mediated Ca2+ transfer to the mitochondria. (A) Inhibition of IP3R with increasing concentrations of XeB for 1 and 4 h increases the NAD/NADH ratio in HeLa cells. (B) Representative Western blots of acetylated p53 (ac-p53) and p53 as loading control after inhibition of IP3R with 5 μM XeB for 1 and 4 h. Bar graph: ac-p53/p53 expressed as average fold increase over basal levels (control cells, CT). Mean ± SEM of 4 independent experiments with 3 replicates each. ***P < 0.001 compared to control. (C) Confocal images of Hela cells labeled with 8 nM TMRE to visualize mitochondria simultaneously treated with 5 μM XeB for 4 h and the SIRT1 inhibitor EX527 (12.5 μM). Bar: 10 μm. (D). Mitochondrial morphology analysis of HeLa cells simultaneously treated with 5 μM XeB for 4 h and the SIRT1 inhibitor EX527 (12.5 μM) (C); Fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. ***p < 0.001. ns, not significant. (E) Confocal images of SIRT1 knockout (KO) MEF cells labeled with 8 nM TMRE to visualize mitochondria treated with 5 μM XeB for 4 h. Bar: 10 μm. (F) Mitochondrial morphology analysis of SIRT1 KO MEF cells treated with 5 μM XeB for 4 h (E); Fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. ***p < 0.001. ns, not significant.




Mitochondrial Reduced-Function Induced Fragmentation Is Partially Drp1 Independent

Mitochondrial fragmentation in most scenarios is mediated by the dynamin-related protein1 (Drp1), which upon mitochondrial fission stimulation, is recruited to specific mitochondrial membrane sites in the OMM, where it interacts with several receptors to mediate mitochondrial fission (Kraus and Ryan, 2017). We expressed a mCherry-Drp1 (Friedman et al., 2011) in Hela cells to determine whether its mitochondrial localization increases after IP3R inhibition with XeB. As shown in Supplementary Figure S6A, the mitochondrial network fragmented after 4 h of treatment with XeB without an increase in Drp1 localization with mitochondria. This data suggest that Drp1 may not be involved in the mitochondrial fragmentation observed after IP3R inhibition. To prove this hypothesis, Drp1- KO and WT HCT116 cells were treated with the IP3R inhibitor XeB (5 μM) for 4 h, and the mitochondrial network status was determined (Figures 4A,B). In WT HCT116 cells we observed a total fragmentation of the mitochondrial network after the treatment. Surprisingly, in Drp1- KO HCT116 cells, a significant number of fragmented mitochondria (68 ± 5%) was observed. A similar result was observed when we expressed a dominant-negative (72 ± 4%) mutant form of Drp1 (K38A) (Smirnova et al., 1998; Supplementary Figures S6B–D). To ensure that the Drp1-independent fragmentation was not the result of a compensatory mechanism induced by the absence of Drp1 activity, we proceeded to inhibit the IP3R in HCT116 cell lacking the Drp1 receptor Mff (Mff-KO), and the same results were obtained; fragmentation of most of the mitochondrial network (64 ± 7%) (Figures 4A,B). To determine whether SIRT1 is responsible for the fragmented mitochondrial population observed in a context of Drp1-independent fragmentation, we simultaneously inhibited the IP3R with XeB and SIRT1 with EX527 in Drp1-KO cells. As shown in Figures 4C,D, the inhibition of SIRT1 significantly reduces the percentage of fragmented mitochondria with a concomitant increase in long mitochondria.
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FIGURE 4. The mitochondrial fragmentation induced by inhibition of Ca2+ transfer to the mitochondria proceeds independently of Drp1. (A) Representative confocal images of HCT116 cells knockout (KO) for Drp1 and Mff labeled with 8 nM TMRE to visualize mitochondria treated with 5 μM XeB for 4 h Bar: 10 μm. (B) Mitochondrial morphology analysis of HCT116 cells KO for Drp1 and Mff treated with 5 μM XeB for 4 h (A); fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were score. **p < 0.01, ***p < 0.001. ns, not significant. (C) Representative confocal images of HCT116 cells KO for Drp1 simultaneously treated with 5 μM XeB for 4 h and the SIRT1 inhibitor EX527 (12.5 μM). Bar: 10 μm. (D) Mitochondrial morphology analysis of HCT116 cells KO for Drp1 simultaneously treated with 5 μM XeB for 4 h and the SIRT1 inhibitor EX527 (12.5 μM) (C); Fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. **p < 0.01, ***p < 0.001, ns, not significant.




Deacetylation of Cortactin and the Actin Cytoskeleton Mediate the Mitochondrial Fragmentation Induced by Inhibition of Ca2+ Transfer to the Mitochondria

Next, we aimed to determine how SIRT1 promotes mitochondrial fragmentation. Actin and many of the proteins that regulate actin dynamics are subject to acetylation/deacetylation and several reports show that actin polymerization plays an important role in mitochondrial fragmentation (De Vos et al., 2005; DuBoff et al., 2012; Korobova et al., 2013; Stavru et al., 2013; Li et al., 2015). Thus, we inhibited the IP3R with XeB in presence or absence of cytochalasin D, which disrupts the actin cytoskeleton, and the mitochondrial morphology was determined. As shown in Figures 5A,B, disruption of the actin cytoskeleton prevented the mitochondrial fragmentation induced by IP3R inhibition. Similar results were observed when the actin cytoskeleton was disrupted with latrunculin B (Supplementary Figures S7A,B). These results suggest that actin polymerization is involved in the mitochondrial fragmentation. Cortactin is known to interact with filamentous actin (F-actin) and promotes actin polymerization (Weaver et al., 2001). Moreover, the acetylation of cortactin is known to impede its interaction with F-actin (Zhang et al., 2007) while its deacetylation increases actin polymerization (Ran et al., 2015). We determined the cortactin acetylation levels upon IP3R inhibition and observed a significant decrease of acetylation compared to the control (Figure 5C), which correlates with SIRT1 activation. To prove the involvement of cortactin in mitochondrial fragmentation we knocked down cortactin with a shRNA that concomitantly expresses a green fluorescence protein (GFP), which allowed us to discriminate the transfected from untransfected cells. As shown in Figures 5D,E and Supplementary Figure S7C, green transfected cells have a conserved mitochondrial network upon inhibition of IP3R with XeB while the untransfected cells fragment, confirming the role of cortactin.
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FIGURE 5. Deacetylation of cortactin and the polymerization of the actin cytoskeleton are required for the mitochondrial fragmentation induced by inhibition of the Ca2+ transfer to the mitochondria. (A) Representative confocal images of HeLa cells labeled with 8 nM TMRE to visualize mitochondria treated simultaneously with 5 μM XeB and 1 μM cytochalasin D for 4 h. Bar: 10 μm. (B) Mitochondrial morphology analysis of HeLa cells treated simultaneously with 5 μM XeB and 1 μM cytochalasin D for 4 h (A); fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. **p < 0.01, ***p < 0.001. ns, not significant. (C) Representative Western blot of acetylated cortactin (ac-cortactin) in HeLa cells treated with 5 μM XeB or vehicle for 4 h. Bar graph: ac-cortactin/cortactin expressed as average fold increase over basal levels (control cells, CT). Mean ± SEM of 3 independent experiments with 4 replicates each. ***P < 0.001 compared to control. (D) Representative confocal images of HeLa cells transfected with a vector engineered to simultaneously produce cortactin shRNA and GFP, loaded with mitotracker to visualize mitochondria and treated with 5 μM XeB for 4 h. Arrows point to untransfected cells. Bar: 10 μm. (E) Mitochondrial morphology analysis of HeLa cells transfected with cortactin shRNA and treated with 5 μM XeB for 4 h (D); Fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. **p < 0.01, ***p < 0.001. ns, not significant.




Upon Sustained Metabolic/Bioenergetic Stress Induced by Inhibition of the IP3R, Both AMPK and SIRT1 Participate in the Fragmentation of the Mitochondrial Network

The lack of response to the AMPK inhibitor was puzzling, given the previous report that AMPK plays a significant role in inducing mitochondrial fragmentation upon bioenergetic stress (Toyama et al., 2016). Considering that this observation was obtained using AMPK KO cells, and to work under similar conditions, we decided to perform an overnight inhibition of both, the IP3R and AMPK. First, we determined the percentage of cell death induced by 5 μM XeB at different times, since we previously observed that the inhibition of IP3R with XeB induces cell death when cells enter mitosis, a phenomenon known as a mitotic catastrophe (Mc Gee, 2015). At 1, 4, or 8 h of XeB incubation, no cell death was observed (Supplementary Figure S8A). At 12 h, about 20% cell death was observed which increased by 24 h. Higher concentrations (7.5 and 10 μM) show a stronger effect increasing the amount of cell death at 12 h (Supplementary Figure S8B). We concluded that a 20% cell death would not interfere with our measurements and proceeded with the overnight experiments. Surprisingly, under these conditions, the inhibition of AMPK delivers a total protection of the mitochondrial network (Supplementary Figures S8C,D). In fact, the protection observed by an overnight AMPK inhibition seemed more profound that the one obtained by an overnight SIRT1 inhibition (Supplementary Figures S8C,D). These results show that mitochondrial fragmentation observed after the bioenergetic crisis generated by IP3R inhibition involves both AMPK and SIRT1 acting in a differently timed fashion. Given that AMPK inhibition delivers the major mitochondrial network protection after an overnight bioenergetic crisis, we hypothesized that in the long term, AMPK takes over and acts as an upstream regulator of SIRT1. If this is true, we would expect that inhibition of AMPK will not protect the mitochondrial network at early time points, but SIRT1 inhibition will. Therefore, we treated WT and SIRT1 knockout cells with XeB for 4 h in the presence of CC and observed the status of the mitochondrial network. As predicted, at the early time, CC did not protect the mitochondrial network from fragmentation (Figures 6A–C), suggesting that both AMPK and SIRT1 may be part of the same signaling pathway.
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FIGURE 6. The mitochondrial fragmentation observed after inhibition of Ca2+ transfer to the mitochondria proceeds independently of AMPK at the earliest time points. (A) Representative confocal images of wild type (WT) and SIRT1 KO MEF cells labeled with 8 nM TMRE to visualize mitochondria treated simultaneously with 5 μM XeB and the AMPK inhibitor compound C (CC, 10 μM) for 4 h. Bar: 10 μm. (B,C) Mitochondrial morphology analysis of WT and SIRT1 KO MEF cells, respectively, treated simultaneously with 5 μM XeB and the AMPK inhibitor compound C (CC, 10 μM) for 4 h (B); Fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. **p < 0.01, ***p < 0.001. ns, not significant.




DISCUSSION

Mitochondria exist as a dynamic network that continuously fuse and divide in response to cellular needs, nutrient availability, and the metabolic state of the cell (Tilokani et al., 2018). Here, we show that the inhibition of constitutive IP3R-mediated Ca2+ transfer to mitochondria achieved either by pharmacological inhibition of the IP3R with Xestospongin B (XeB), the simultaneous knockdown of type 1 and type 3 IP3R or the knockdown of the MCU induces a bioenergetic/metabolic stress that triggers mitochondrial fragmentation. Ca2+ is essential for life and death and mitochondria play an active role in turning the balance to one side or the other (Westermann, 2010). In neurons, high K+ stimulation causes voltage-dependent Ca2+ channel (VDCC)-mediated Ca2+ entry that promotes mitochondrial fragmentation by halting mitochondria and activating Drp1 through Ca2+/calmodulin-dependent protein kinase (CaMKIα) phosphorylation (Han et al., 2008). In addition, a sustained increase in cytosolic Ca2+ caused by the activation of L-type Ca2+ channels, depolarization of the mitochondrial membrane potential (ΔΨm) or exposure to Ca2+ ionophores activate calcineurin, and trigger mitochondrial fragmentation through a mechanism that involves Drp1 dephosphorylation (Cribbs and Strack, 2007; Cereghetti et al., 2008). Nonetheless, loss of ΔΨm induces Drp1 dephosphorylation on serine 637 (Cereghetti et al., 2008), while activation of L-type Ca2+ channels induces dephosphorylation on serine 656 (Cribbs and Strack, 2007). Interestingly, all the stimuli mentioned above will increase mitochondrial Ca2+ uptake, which is necessary for mitochondrial fission as shown with a sustained Ca2+ increase induced by thapsigargin (Hom et al., 2007). In fact, recently it has been shown that mitochondrial Ca2+ influx initiates and sustains constriction of the mitochondrial inner compartment (CoMIC), which is necessary for mitochondrial fission (Cho et al., 2017). Moreover, the inverted formin 2 (INF2), which mediates actin polymerization, mitochondrial Drp1 recruitment and mitochondrial fission (Korobova et al., 2013), also favors the mitochondrial Ca2+ influx by enhancing the contact between the ER and mitochondria (Chakrabarti et al., 2018). Unexpectedly, here we show that the absence of Ca2+ transfer to the mitochondria also induces mitochondrial fragmentation. We previously demonstrated that IP3R mediated Ca2+ transfer to the mitochondria is essential to maintain the bioenergetic/metabolic homeostasis of normal and cancer cells (Cardenas et al., 2010, 2016). Inhibition of this signal results in inactivation of PDH, decrease in the levels of ATP, and activation of AMPK as a pro-survival response (Cardenas et al., 2010). AMPK activation induced by energetic stress caused by mitochondrial poisoning with rotenone and antimycin A induces mitochondrial fragmentation through a mechanism that involves phosphorylation of MFF and recruitment of Drp1 (Toyama et al., 2016). Here, despite an early activation of AMPK (Supplementary Figure S4) in response to the bioenergetic stress caused by IP3R inhibition, the mitochondrial fragmentation occurs independent of it, and is mainly driven by SIRT1. Importantly, the decrease in the TCA cycle activity caused by IP3R inhibition leads to an increase in the NAD+/NADH ratio that activates SIRT1 (Figure 3), while the inhibition of the electron transport chain (ETC) by rotenone, antimycin A, and metformin decrease rather than increase the NAD+/NADH ratio (Gui et al., 2016; Hou et al., 2018; Urra et al., 2018) preventing SIRT1 activation. Physiologically, SIRT1 and AMPK are concomitantly activated under conditions of reduced nutrient availability such as; glucose restriction, fasting, chronic calorie restriction, and exercise (Chen et al., 2008; Fulco et al., 2008; Canto and Auwerx, 2009; Canto et al., 2009; Costford et al., 2010). IP3R inhibition phenocopies a state of nutrient deprivation (Cardenas et al., 2010), and the activation of both AMPK and SIRT1 is expected. SIRT1 and AMPK can activate each other; AMPK can indirectly activate SIRT1 by elevating intracellular NAD+ levels (Fulco et al., 2008; Canto et al., 2009). On the other hand, SIRT1 has the ability to deacetylate and activate LKB1, which in turn activates AMPK (Hou et al., 2008; Lan et al., 2008). Here, we observed that prolonged (12 h) inhibition of AMPK delivers a more profound protection than a prolonged inhibition of SIRT1. It seems that AMPK may be acting up-stream of SIRT1 sustaining its activation directly (Lau et al., 2014) or by maintaining a high NAD+/NADH ratio (Canto et al., 2009). It is possible that without the action of AMPK, the compensatory rise in the glycolytic flux observed after IP3R inhibition (Cardenas et al., 2010) would recover the NADH (Kelly et al., 2018), which at this point could only be oxidized by the glycerol-3-phosphate shuttle. It is unlikely that it could be oxidized by the malate-aspartate shuttle in the mitochondria due to the need for Ca2+ (Lasorsa et al., 2003). Further experiments are necessary to fully understand the interplay between AMPK and SIRT1 in this context.

The increase in NAD+ induced by nicotinamide (NAM) has been associated with an increase in mitochondrial membrane potential, a feature also observed in our system, and a dramatic change in the mitochondrial structure from filaments to puncta or rings, that allows the clearance of mitochondria by mitophagy (Kang and Hwang, 2009). The inhibition of IP3R induced autophagy (Cardenas and Foskett, 2012) but no mitophagy was observed as determined by colocalization of LC3-GFP and mitotracker (data no shown). Later, the same group showed that the fragmentation induced by NAM required the presence of functional SIRT1 (Jang et al., 2012), however, no details were provided regarding the mechanism through which SIRT1 induced the fragmentation of mitochondria. In fact, no literature is available on this topic. Nevertheless, it is known that SIRT1 can modulate the actin cytoskeleton by deacetylating cortactin (Zhang et al., 2009), and the actin cytoskeleton has emerged as a major player in mitochondrial fragmentation (Hatch et al., 2014). One of the first observations came from Sheetz group who showed that pharmacological inhibition of F-actin polymerization reduces toxin-induced mitochondrial fragmentation (De Vos et al., 2005). A later work showed that treatment with actin polymerization inhibitor latrunculin B (LatB) induces mitochondrial elongation in U2OS cells (Korobova et al., 2013). It is believed that linear F-actin polymerization driven by the ER-localized inverted formin 2 (INF2) (Korobova et al., 2013) and transient assembly of branched F-actin in the outer mitochondrial membrane lead by actin regulatory factors such as cortactin, cofilin and the Arp2/3 complexes (Li et al., 2015) provide the initial mitochondrial constriction that allows Drp1 to give the second and final cut to the mitochondria. Similarly, we observed here that actin polymerization inhibition with Latrunculin B and cytochalasin D prevents the fragmentation of the mitochondrial network induced by IP3R inhibition. Since SIRT1 was active and deacetylated cortactin promotes actin polymerization and branching (Zhang et al., 2009) we were particularly interested to determine the presence of this protein on the mitochondrial membrane, however, we were unable to detect it nor could we image actin polymerization using mApple-lifeact (data not shown) as demonstrated before (Li et al., 2015; Moore et al., 2016). As the assembly of F-actin on mitochondria is very transient (Li et al., 2015; Moore et al., 2016) and likely more visible in some cell models over others, it is possible that we missed it. Nevertheless, we clearly show that actin is involved and that the knockdown of cortactin prevents the mitochondrial fragmentation induced by IP3R inhibition. Although in most scenarios mitochondrial fragmentation is mediated by Drp1, at an early time point (1–4 h) after inhibition of Ca2+ transfer to the mitochondria, we observed mitochondrial fragmentation that proceeds without Drp1 activation. Similarly, infection with the human bacterial pathogen Listeria monocytogenes causes transient mitochondrial fragmentation (Stavru and Cossart, 2011) in a Drp1 independent fashion (Stavru et al., 2013). In this case, the bacterial toxin listeriolysin O (LLO) causes a significant drop in the ΔΨm, respiration and ATP levels probably as a result of overwhelming mitochondria with Ca2+ caused by influx from the extracellular space induced by the formation of ion permeable pores in the plasma membrane by LLO (Stavru et al., 2013). Although the above described changes have been observed in Drp1-dependent fragmentation (Pagliuso et al., 2018), why Drp1 is not recruited in this context is unknown. In addition, accumulating evidence suggests the presence of a Drp1-independent fission mechanism involved in the mitochondrial quality control (Soubannier et al., 2012; McLelland et al., 2014; Yamashita et al., 2016). For example, ROS induced protein damage triggers the generation of mitochondria-derived vesicles (MDVs), which bud off the mitochondria and are delivered to the lysosomes in a Parkin and Pink1 dependent fashion. Interestingly, and in agreement with our data, ΔΨm does not drop (Soubannier et al., 2012; McLelland et al., 2014). Also, using live cell imaging, Kanki’s group show that upon induction of mitophagy, mitochondria makes a bud that is wrapped and excised without the participation of Drp1 by an isolation membrane formed on the mitochondrial surface (Yamashita et al., 2016). Altogether, these works confirm the existence of Drp1-independent mitochondrial fragmentation mechanisms, and the mechanistic details await to be unveiled.

Here, we described a new mechanism of mitochondrial fragmentation induced by bioenergetic/metabolic stress that at an early time point proceeds in a Drp1-independent fashion, driven mainly by the actin cytoskeleton and the deacetylation of cortactin by SIRT1. At later time points, AMPK prevails and orchestrates the phenomenon (Figure 7). Further work is necessary to understand the exact temporal/spatial relationship between SIRT1 and AMPK in this phenomenon and whether the actin cytoskeleton itself accounts for the mitochondrial fragmentation or if it is the result of undescribed actin-associated proteins.


[image: image]

FIGURE 7. Different temporal effects of SIRT1 and AMPK on mitochondrial fragmentation. The initial fragmentation of the mitochondrial network induced by inhibition of the Ca2+ transfer to the mitochondria is mediated by SIRT1 deacetylation of cortactin and its effect on the actin polymerization (left panel). Upon prolonged inhibition of Ca2+ transfer to the mitochondria the mitochondrial fragmentation is sustained by AMPK activation, likely through Drp1 (right panel).




MATERIALS AND METHODS


Reagents


Antibodies

From Cell Signaling Technology: Phospho-α1-AMPK (Thr172), α1-AMPK, IP3R-1, p53, acetyl-p53, cortactin, Drp1. From BD Laboratories: β-tubulin, IP3R-3. From Sigma: MCU, acetyl-cortactin. From Abcam: Tomm20. Secondary antibodies conjugated with peroxidase were purchased from GE Healthcare Life Science. TMRE, Fluo-4, mitotracker, BAPTA-AM, BCECF-AM, DAPI, and secondary antibodies conjugated with Alexa 488, 546, 633 were from Molecular Probes. Chemicals: methyl-pyruvate, FCCP, oligomycin, rotenone, nicotinamide (NMN), latrunculin B (LatB), cytochalasin D (CytD), and Hanks’ balanced salt solution were purchased from Sigma. EX527 and compound C were purchased from Tocris Bioscience. Xestospongin B was extracted and purified from the marine sponge Xestospongia exigua as described before (Jaimovich et al., 2005).



Cell Culture and Transfection

HeLa, U-87, HEK293, primary human fibroblast (PHF), SIRT1-KO MEF cells (kindly provided by Dr. Guarente, Massachusetts Institute of Technology), Drp1-KO HCT116 cells and Mff-KO cells (kindly provided by Dr. Karbowski, University of Maryland) were maintained in DMEM media (GIBCO) supplemented with 10% (v/v) FBS. MCF10A were maintained in DMEM/F12 supplemented with 5% (v/v) horse serum, 20 ng/ml EGF, 0.5 mg/ml hydrocortisone, 100 ng/ml cholera toxin, 10 μg/ml insulin. All cells were grown at 37°C (95%/5% air/CO2) in the presence of 100 U ml–1 penicillin, 100 μg ml–1 streptomycin and 0.25 μg ml–1 fungizone (Gibco). To knockdown MCU we used a mix of two siRNA previously described (De Stefani et al., 2011):


5′- GCCAGAGACAGACAAUACUtt-3′

3′-ttCGGUCUCUGUCUGUUAUGA -5′ and

5′- GGGAAUUGACAGAGUUGCUtt-3′

3′-ttCCCUUAACUGUCUCAACGA -5′.



Type 1 and 3 IP3Rs were simultaneously silenced with a specific siRNA designed with the siRNA center tool from Dharmacon (GE Healthcare Dharmacon):


5′-GUGAGAAGCAGAAGAAGGAUU-3′

3′-UUCACUCUUCGUCUUCUUCCU-5′



The pLentiLox3.7(CMV)EGFP vector engineered to simultaneously produce cortactin shRNA and GFP (J Cell Sci. 2013 Jan 1;126(Pt 1):149-62. doi: 10.1242/jcs.110742) was kindly provided by Dr. Carvallo from Coimbra University, Portugal.

The pcDNA3-Drp1K38A was a gift from Alexander van der Bliek & Richard Youle (Addgene plasmid # 451611; RRID:Addgene_45161) and the mCh-Drp1 was a gift from Gia Voeltz (Addgene plasmid # 491522; RRID:Addgene_49152).

All transfections of siRNA were performed with a Nucleofector® electroporator (Amaxa Biosystems).



Immunofluorescence and Confocal Live Imaging

For Immunofluorescence, cells were fixed in 4% PFA (Electron microscopy sciences) for 15 min at room temperature, permeabilized with 0.1% Triton X-100, blocked in 5% BSA for 60 min, and incubated with primary TOMM20 antibody at 4°C overnight (Abcam #ab221292). Cells were washed with PBS/BSA and incubated with secondary antibody, Alexa-488 or Alexa-546 secondary antibody (Molecular Probes, #A-11008, #A-32732), at room temperature for 90 min and then mounted in Prolong gold antifade reagent with DAPI (Molecular Probes, #P36931). For live imaging cells were maintained in a Tokai Hit incubation chamber. Visual examination was performed on a Nikon A1R confocal microscope equipped with Perfect Focus using a 63X plan apo lens/NA 1.4. For quantification of mitochondrial morphology scoring was done blind to treatment. “Fragmented” was defined as cells in which the majority of mitochondria were spherical (no clear length/width or length below 1 μm), “medium” were cells with a majority of mitochondria between 1 and 4 μm and networked cells with a majority of mitochondria longer than 4 μm.



Calcium Signaling

Imaging of spontaneous changes in cytoplasmic Ca2+ concentration in HeLa cells was accomplished by TIRF microscopy using a Nikon Eclipse Ti inverted TIRF microscope equipped with an apo TIRF 60x, 1.49 NA lens and stage-top Tokai Hit incubator. Cells were labeled with freshly prepared Fluo-4 (5 μM) and imaged a 37°C and 5% CO2 at a very shallow laser angle, imaging about 200 nm into the cell. The gain on the Andor iXon EMCCD camera was set to 300 (maximum) and images were collected every 50 ms for 2 min.



Western Blotting and Treatments

Drugs were added in fresh media as indicated. Treatments were terminated by rapid removal of media with cells on ice, followed by cell lysis with Cytobuster protein extraction reagent (Novagen) supplemented with protease and phosphatase inhibitors (complete PhosSTOP, Roche). Protein extracts were separated in 4%, 10% or 15% SDS-polyacrylamide gels and transferred to PDVF membranes (Millipore). Blocking was at room temperature for 1 h in 5% fat-free milk, and membranes were incubated overnight at 4°C with primary antibody, and then for 1 h at room temperature with a secondary antibody conjugated to horseradish peroxidase. Chemiluminescence detection used ECL-plus reagent (Pierce) and a series of timed exposure images were acquired with a FluorChem Q system (ProteinSimple) to ensure densitometric analyses were performed at exposures within the linear range. To ensure equal protein loading across gels, membranes were submerged in stripping buffer (Restore Western blot stripping buffer; Pierce), incubated at 37°C for 20 min, and re-probed with a loading control antibody. Image J was used for densitometric analysis.



Cellular Oxygen Consumption

Oxygen consumption rate (OCR) was measured at 37oC using an XFe96 extracellular analyzer (Seahorse Bioscience, North Billerica, MA, United States). 1.5 × 104 cells per well were seeded onto CELL-TAK (BD Bioscience) pre-treated plates and allowed to attach for 24 h, and then were treated either with 5 μM XeB or the vehicle as a control and loaded into the machine in fresh un-buffered seahorse media. For the experiments with siRNA treated cells, after the transfected cells were seeded onto CELL-TAK (BD Bioscience) pre-treated plates. On the seahorse, cells were sequentially exposed to 1 μM oligomycin, 300 nM carbonylcyanide p-trifluoromethoxyphenylhydrazone (FCCP) and 100 nM rotenone. Basal and maximal OCR were calculated as previously described (cardenas 2010). Data were normalized for protein concentration by lysing samples after each experiment.



NAD+/NADH Measurements

The NAD+/NADH ratio was measured using a commercial kit (BioVision, K337-100) according to the manufacturer’s instructions. Briefly, cells were incubated either with 5 μM XeB or vehicle for 1 or 4 h. Cells were then washed twice with PBS, scraped off the dishes and pelleted. NAD+ and NADH were extracted and the samples were subjected to two freeze thaw cycles and centrifuged. Aliquots of each sample were heated at 60°C for 30 min to decompose NAD+. Samples were then loaded into 96-well plates for absorbance measurements at 450 nm.



AMP/ATP Measurements

Nucleotides were extracted from the cells using perchloric acid, neutralized, and frozen for subsequent HPLC analysis (Kochanowski et al., 2006). AMP, ADP, and ATP in extracted samples were quantified using ion-pair reverse-phase HPLC, with a C18 RP column, under isocratic elution conditions in 200 mM phosphate, 5 mM tetrabutylammonium phosphate, and 3% acetonitrile.



Electron Microscopy

Cells were fixed in 2.5% glutaraldehyde in 0.1M cacodylate buffer, postfixed in 2% osmium tetroxide, dehydrated and embedded in Epon, and examined with a high-voltage electron microscope (Philips EM 410).



Analysis and Statistics

All data are summarized as mean ± SEM; significance of differences was assessed using unpaired t-tests. Differences were accepted as significant at the 95% level (p < 0.05).
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FIGURE S1 | Electron microscopy reveals that the inhibition of IP3R-mediated calcium transfer to the mitochondria causes mitochondrial fragmentation without affecting the mitochondrial inner structure. HeLa cells control and treated with 5 μM XeB for 4 h were visualized by electron microscopy at low magnification (6000×, bar = 2 μm) (A) or high magnification (43000×, bar = 5 nm) (B).

FIGURE S2 | Inhibition of IP3R-mediated calcium transfer to the mitochondria causes mitochondrial fragmentation in several cell lines. Representative confocal images of glioblastoma U87 cell line (A), breast MCF10A cell line (B), primary human fibroblast (PHF) (C), and HEK293 cell line (D) treated with 5 μM XeB for 4 h and then immunostained with anti-TOMM20 to detect mitochondria. Bar: 10 μm. (E) Mitochondrial morphology analysis of U87, MCF10A, PHF, and HEK293 cell lines treated with 5 μM XeB for 4 h; fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. ∗∗∗p < 0.001.

FIGURE S3 | Calcium chelation induces mitochondrial fragmentation. (A) Representative confocal images of HeLa cells loaded with the calcium chelator 1 μM BAPTA-AM or the pH indicator 1 μM BCECF-AM as control for 1 h. (B) Mitochondrial morphology analysis of HeLa cells loaded with 1 μM BAPTA-AM or 1 μM BCECF-AM as control for 1 h; fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent means ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. (C) Hela cells were labeled with the mitochondrial membrane potential (ΔΨm) dye TMRE in non-quenching mode (8 nM TMRE for 1 h), treated with 5 μM XeB and imaged every 15 min. Bar = 10 μm. (D) Hela cells were labeled with TMRE, treated with 5 μM XeB or FCCP and changes in the mitochondrial membrane potential (ΔΨm) determined by cytometry. ∗∗p < 0.01, ∗∗∗p < 0.001. (E) Hela cells were treated or not with 5 μM XeB for 4 h and then immunostained with anti-TOMM20 (red) and LC3 (green) to detect mitochondria and autophagosomes, respectively. Bar: 10 μm.

FIGURE S4 | Activation of AMPK upon inhibition of IP3R. (A) AMP/ATP ratio increases significantly 1 and 4 h after treatment with 5 uM XeB. (B) Representative Western blot of AMPK phosphorylation on threonine-172 (P-AMPK) in HeLa cells treated (CT) with 5 μM XeB or with vehicle for 4 h. Bar graph: P-AMPK/AMPK expressed as average fold increase over basal levels (control cells, CT). Mean ± SEM of 3 independent experiments with 4 replicates each. ∗∗P < 0.01 compared to control. (C) Representative confocal images of HeLa cells labeled with 8 nM TMRE to visualize mitochondria treated simultaneously with 5 μM XeB and compound C (CC) for 4 h. Bar: 10 μm. (D) Mitochondrial morphology analysis of HeLa cells treated simultaneously with 5 μM XeB and compound C (CC, 10 μM) for 4 h (C); fragmented (black), ≤1 μm, medium (light gray), ≥1, and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. ∗∗p < 0.01, ∗∗∗p < 0.001. ns, not significant.

FIGURE S5 | Activation of SIRT1 with nicotinamide induces mitochondrial fragmentation. (A) Representative Western blot of SIRT1 in cells treated with 5 μM XeB for 1 h. Bar graph: SIRT1/tubulin expressed as average fold increase over basal levels (control cells, CT). Mean ± SEM of 3 independent experiments with 3 replicates each. (B) Representative confocal images of HeLa cells labeled with 8 nM TMRE to visualize mitochondria treated with 1 mM β-nicotinamide mononucleotide (NMN) for 12 h. Bar: 10 μm. (C) Mitochondrial morphology analysis of HeLa cells treated with 1 mM NMN for 12 h; fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. ∗∗∗p < 0.001.

FIGURE S6 | The presence of a Drp1 dominant negative does not prevent mitochondrial fragmentation induced by IP3R Inhibition. (A) Representative confocal images of the same HeLa cells transfected with Drp1-mCherry and labeled with mitotracker far-red treated with 5 μM XeB or vehicle for 4 h. Arrows point to Drp1-mCherry puncta in the mitochondria. Bar: 10 μm. (B) Representative Western blot of HeLa cells transfected with a Drp1-dominant negative (K38A) or Mock as control. Bar graph: Drp1/tubulin expressed as average fold increase over basal levels (control cells, Mock). Mean ± SEM of 3 independent experiments with 3 replicates each. ∗∗∗P < 0.001 compared to control. (C) Representative confocal images of HeLa cells transfected with a Drp1-dominant negative (K38A) treated or not with 5 μM XeB for 4 h and then immunostained with anti-TOMM20 to detect mitochondria. Bar: 10 μm. (D) Mitochondrial morphology analysis of HeLa cells transfected with a Drp1-dominant negative (K38A) treated or not with 5 μM XeB for 4 h (C); fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent means ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. ∗∗p < 0.01, ∗∗∗p < 0.001. ns, not significant.

FIGURE S7 | Cortactin and the polymerization of the actin cytoskeleton are required for the mitochondrial fragmentation induced by inhibition of the Ca2+ transfer to the mitochondria. (A) Representative confocal images of HeLa cells treated simultaneously with 5 μM XeB and 500 nM latrunculin B for 4 h. Mitochondria were labeled with TOMM20 (magenta) and the actin cytoskeleton was labeled with phalloidin (green). Bar: 10 μm. (B) Mitochondrial morphology analysis of HeLa cells treated simultaneously with 5 μM XeB and 500 nM latrunculin B for 4 h (A); Fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. ∗∗p < 0.01, ∗∗∗p < 0.001. ns, not significant. (C). Representative confocal images of HeLa cells transfected with a vector engineered to simultaneously produce cortactin shRNA and GFP, loaded with mitotracker to visualize mitochondria and treated with 5 μM XeB for 4 h. Digital zoom of the square areas in the middle panel are shown in the right panel. Bar: 10 μm.

FIGURE S8 | Overnight inhibition of AMPK protects the mitochondrial network from the fragmentation induced by inhibition of the Ca2+ transfer to the mitochondria. (A) Hela cells treated with 5 μM XeB for several hours were labeled with propidium iodide (PI) and cell death determined by flow cytometry. (B) Hela cells treated with high concentration of XeB (7.5 and 10 μM) for 12 h were labeled with propidium iodide (PI) and cell death determined by flow cytometry. (C) Confocal images of Hela cells labeled with 8 nM TMRE to visualize mitochondria simultaneously treated with 5 μM XeB for 12 h and either the AMPK inhibitor compound C (CC) or the SIRT1 inhibitor EX527 (12.5 μM). Bar: 10 μm. (D) Mitochondrial morphology analysis of HeLa cells simultaneously treated with 5 μM XeB for 12 h and either the AMPK inhibitor compound C (CC) or the SIRT1 inhibitor EX527 (12.5 μM); fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. ∗p < 0.05, ∗∗∗p < 0.001. ns, not significant.

FIGURE S9 | The absence of SIRT1 partially protects the mitochondrial network after an overnight inhibition of calcium transfer to the mitochondria. (A) Representative confocal images of MEF SIRT1 knockout (KO) or WT cells labeled with 8 nM TMRE to visualize mitochondria treated with 5 μM XeB for 12 h. (1Bar: 10 μm). (D) Mitochondrial morphology analysis of MEF SIRT1 knockout (KO) or WT cells treated with 5 μM XeB for 12 h.; fragmented (black), ≤1 μm, medium (light gray), ≥1 and ≤4 μm, networked (dark gray), ≥4 μm. Data represent mean ± SEM of 3 independent experiments. In each experiment 150 cells/condition were scored. ∗∗p < 0.001, ∗∗∗p < 0.001.


FOOTNOTES

1
http://n2t.net/addgene:45161

2
http://n2t.net/addgene:49152
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Enamel is the most calcified tissue in vertebrates. Enamel formation and mineralization is a two-step process that is mediated by ameloblast cells during their secretory and maturation stages. In these two stages, ameloblasts are characterized by different morphology and function, which is fundamental for proper mineral growth in the extracellular space. Ultrastructural studies have shown that the mitochondria in these cells localize to different subcellular regions in both stages. However, limited knowledge is available on the role/s of mitochondria in enamel formation. To address this issue, we analyzed mitochondrial biogenesis and respiration, as well as the redox status of rat primary enamel cells isolated from the secretory and maturation stages. We show that maturation stage cells have an increased expression of PGC1α, a marker of mitochondrial biogenesis, and of components of the electron transport chain. Oxygen consumption rate (OCR), a proxy for mitochondrial function, showed a significant increase in oxidative phosphorylation during the maturation stage, promoting ATP production. The GSH/GSSG ratio was lower in the maturation stage, indicative of increased oxidation. Because higher oxidative phosphorylation can lead to higher ROS production, we tested if ROS affected the expression of AmelX and Enam genes that are essential for enamel formation. The ameloblast cell line LS8 treated with H2O2 to promote ROS elicited significant expression changes in AmelX and Enam. Our data highlight important metabolic and physiological differences across the two enamel stages, with higher ATP levels in the maturation stage indicative of a higher energy demand. Besides these metabolic shifts, it is likely that the enhanced ETC function results in ROS-mediated transcriptional changes.

Keywords: mitochondria, enamel, ameloblasts, oxidative phosphorylation, redox


INTRODUCTION

Amelogenesis is the biological process that leads to the formation and mineralization of dental enamel by specialized epithelial cells known as ameloblasts (Smith and Nanci, 1995). Amelogenesis can be divided into two main sequential stages: the secretory and maturation stages (Lacruz, 2017). Secretory ameloblasts can reach heights of ∼70 μm with a diameter of ∼4–5 μm, while maturation stage ameloblasts maintain the same diameter but have a decrease in height to ∼40 μm (Smith, 1984; Smith and Nanci, 1995; Lacruz, 2017). During the secretory stage, ameloblasts secrete a limited set of enamel matrix proteins (EMPs). These proteins are involved in building the tissue volume and the enamel crystal organization (Marsland, 1951b; Smith, 1998; Wang et al., 2005; Lacruz et al., 2010). EMPs such as amelogenin (AmelX) and enamelin (Enam) are considered unique products of the ameloblast cells (Smith, 1998; Lacruz et al., 2017). During maturation, the expression of these EMPs declines, and they undergo enhanced proteolysis and endocytosis (Lacruz et al., 2017). Mineralization of the enamel crystals increases concurrent with the increased transport of Ca2+ and PO3– enabling a significant expansion in crystal width and thickness (Reith, 1961; Smith, 1998; Lacruz, 2017). During maturation, ameloblasts uniquely cycle from a ruffled-ended border to a smooth-ended morphology (Smith and Nanci, 1989; Smith, 1998).

The biomineralization of enamel relies on an efficient system of ion transport mediated by a battery of pumps, channels and transporters driving the transport of Ca2+ and PO3– – the dominant ionic species – as well as HCO3–, Cl–, K+, Na+, and Mg2+ (Simmer and Fincham, 1995; Smith, 1998; Lacruz et al., 2012a; Lacruz, 2017). The incorporation of ions into the enamel crystals during maturation occurs in parallel with the changes in pH that are strictly regulated to buffer the acidification that results from proton release during mineral buildup (Lacruz et al., 2010, 2012b). Although we continue to increase our understanding of the required protein machinery and processes driving ion transport and mineralization, basic cellular processes linked to- or supporting these functions, remain poorly understood.

Mitochondria are dual membrane bound organelles that are essential in the regulation of cellular metabolism (Lehninger et al., 2003). They are also involved in Ca2+ handling and are the center of oxidative phosphorylation via the electron transport chain (Marsland, 1951a) that is responsible for the production of ATP, while also generating reactive oxygen species (ROS) (Rizzuto et al., 2000; Lehninger et al., 2003; Dimmer and Scorrano, 2006). Although some morphological analyses of mitochondria have been reported, the role of mitochondria in enamel development has not been well-characterized to date.

Light and electron microscopy studies since the 1950s (Marsland, 1951a; Watson and Avery, 1954; Pindborg and WeinmannN, 1959; Reith, 1960, 1961, 1963; Jessen, 1968) and stereologic studies (Assis et al., 2003) were performed to visualize mitochondria in enamel cells. These works showed differences in the subcellular localization of mitochondria in secretory and maturation stages (Warshawsky and Smith, 1974; Josephsen and Fejerskov, 1977). In the secretory stage, mitochondria cluster between the nucleus and the proximal or basal pole (Jessen, 1968). Their predominant shape is elongated and their length is variable (Jessen, 1968). Mitochondria in the maturation stage presents two main clusters. A first type show a large cluster found adjacent to the distal ruffled-border (Jessen, 1968; Josephsen and Fejerskov, 1977; Assis et al., 2003), suggesting a potential contribution to the movement of ions from the proximal to the distal pole (Elwood and Bernstein, 1968; Jessen, 1968; Eckstein et al., 2018). These mitochondria appeared as rod-shaped and short (Josephsen and Fejerskov, 1977). A second cluster of mitochondria is found in the proximal pole in the infranuclear region and are mostly spheroidal (Jessen, 1968) while presenting some internal “helices” described as DNA structures (Blecher, 1967; Warshawsky, 1968).

Some reports have indicated that the number of mitochondria increases as the cells transition from the secretory to the maturation stage (Kallenbach, 1970; Assis et al., 2003; Eckstein et al., 2018). It has also been suggested that the size of the mitochondria, itself, is larger in maturation and may reflect a more efficient system in providing higher energy for the cells (Assis et al., 2003). The expression of cytochrome oxidase (CO) activity was found to be upregulated in the maturation stage, with increased CO signals in smooth-ended ameloblasts (Beynon, 1972; Ohshima et al., 1998). These observations prompted suggestions that smooth-ended ameloblasts require more energy to recreate the deep infoldings characteristics of the ruffled-border (Josephsen and Fejerskov, 1977; Assis et al., 2003).

Our own studies also support a role of mitochondria in enamel formation (Eckstein et al., 2017, 2019). Murine models with abnormal store-operated Ca2+ entry (SOCE) showed alterations in mitochondrial morphology and function, with increased ROS levels and alterations in the cytoskeleton of the ameloblasts (Eckstein et al., 2017, 2018). Thus, we suggested that mitochondrial generated ROS were important for the integrity of the ameloblasts (Eckstein et al., 2017, 2019).

Given the dearth of knowledge on the role of mitochondria in enamel, the purpose of this study is to characterize whether and how mitochondrial dynamics and function differ in secretory and maturation stage cells. We focused on key markers of mitochondrial physiology: components of the mitochondrial ETC, mitochondrial biogenesis, oxidative phosphorylation, and redox status. We show that mRNA levels of PGC1α, a surrogate for mitochondrial biogenesis, is increased in maturation cells, as well as the amount of mitochondrial DNA. The expression of mitochondrial proteins involved in fusion and fission pathways were decreased. We also found that maturation stage cells show an increase in mitochondrial respiration, ATP production, and increased oxidation. These data highlight the important differences in the metabolic status of secretory and maturation stages of enamel cells, suggesting that mitochondria are a key component in the biology of enamel formation and mineralization.



MATERIALS AND METHODS


Cell Culture

Primary enamel organ (EO) cells were isolated from the lower incisors of Sprague Dawley rats as described (Nurbaeva et al., 2015; Eckstein et al., 2017). The EO was incubated with Liberase (0.25 mg/ml; Roche) for 30 min at 37°C followed by Trypsin for 10 min at 37°C. Cells were then passed through a 70 μm (secretory) and 40 μm (maturation) filters to remove debris and plated onto Cell-Tak (Corning) coated coverslips in X-Vivo15 medium (Lonza) supplemented with 10% FBS and 1% penicillin/streptomycin. Isolated EO cells were used within 24 h after dissection. LS8 cells were grown in Dulbecco’s modified Eagle’s medium (DMEM, Thermo Fisher Scientific) supplemented with 10% FBS and 1% penicillin/streptomycin. 24 h before the experiment, cells were seeded onto plates previously coated with poly-L-Lysine (1:10 in PBS) and then allowed to grow to 70–80% confluence.



Real Time PCR (RT-qPCR)

Total RNA was isolated using the RNeasy Micro Kit or Mini Kit (Qiagen) as indicated by the manufacturer followed by reverse transcription using the iScript cDNA Synthesis Kit (BioRad). Total DNA was isolated from secretory and maturation enamel organs as previously described (Quiros et al., 2017). For mRNA quantification we used the SsoAdvanced Universal SYBR Green qPCR Supermix (BioRad) and performed the experiments in a CFX Connect Thermocycler (BioRad). All of the primers were used at a concentration of 0.25 nM with Actin or Gapdh functioning as housekeeping genes. Relative quantification of gene expression was determined by the 2–ΔΔCT method. Supplementary Table 1 lists all primers used.



Mitochondrial Morphology Analysis

EO cells were isolated and plated onto Cell-Tak (Corning) coated coverslips in X-Vivo15 medium (Lonza) supplemented with 10% FBS and 1% penicillin/streptomycin. After 4 h they were loaded with CellLight Mitochondria-GFP, BacMam 2.0 (Thermo fisher Scientific) according to the manufacturer instructions. Cells were washed and loaded for 30 min with PE anti-rat CD90/mouse CD90.1 (Thy-1.1) (1:500; BioLegend) to identify possible fibroblast contamination. Images were taken using a SP8 confocal microscope (Leica).



Determination of mtDNA vs. nDNA

We determined changes in mitochondrial DNA (mtDNA) vs. nuclear DNA (nDNA) as a ratio of the two genes as reported (Carabelli et al., 2011; Quiros et al., 2017) by RT-qPCR. The expression of Rnr2 (16S ribosomal RNA) was used as a gene marker for mtDNA, and Gapdh was used as a marker for nDNA.



Mitochondrial Membrane Potential (MMP)

For analysis of MMP, 10 K cells of secretory and maturation stages were plated per well onto 384-well plates (CellCarrier, PerkinElmer). After 24 h in culture, fluorescent FITC anti-rat CD90/mouse CD90.1 (Thy-1.1) (1:500, 30 min at 37°C; BioLegend) was used to allow to distinguish between fibroblasts and ameloblasts. Cells were rinsed in 10 mm HEPES buffered saline (HBSS buffer, pH 7.4; Thermo Fisher Scientific) and subsequently loaded with 20 nM TMRM in the presence of 1 μM cyclosporine H (30 min at 37°C) and left in the same buffer during image acquisition. Alternate brightfield, digital phase contrast, 488 and TMRM fluorescence (excitation/emission at: 460–490/500–550; 520–550/560–630 nm, respectively) images were acquired every 3 min, using the 20X magnification air objective of the high content screening (HCS) imaging system Operetta® and Harmony® software (PerkinElmer). Cells were treated with oligomycin (1 μM). FCCP (3 μM) was added as a control for mitochondrial depolarization. Analysis was performed by means of Harmony® software (PerkinElmer) as follows. Image segmentation was performed by Region of Interest in the Digital Phase contrast channel. FITC fluorescence intensity was calculated per each individual cell, and background corrected. We considered as enamel cells only cells that did not contain significant fluorescence levels of the fibroblast marker [FITC anti-rat CD90/mouse CD90.1 (Thy-1.1) intensity, background corrected <5]. TMRM Fluorescence intensity, background corrected, was then measured per each region of interest (that is, per each individual cell) and averaged. Number of cells = more than 20 per independent experiment; number of experiments = 3.



Mitochondrial Respiration

The Mitochondrial Stress Test Kit (Agilent) was used to analyze mitochondrial oxygen consumption in primary EO cells following the manufacturer’s instructions. EO cells were seeded 24 h ahead in a XFe24-well microplate (Agilent) at 4 K cells/well in complete X-Vivo TM15 (10% FBS, 1% penicillin/streptomycin). In parallel, a cartridge plate was hydrated with 1 ml/well XF Calibrant (Agilent) and kept overnight in a non-CO2 incubator. The following day XF Base medium (Agilent) with the addition of 1 mM Na-Pyruvate, 2 mM L-Glutamine, 10 mM Glucose at pH 7.4 was prepared. The cells were washed twice with the prepared complete XF medium and refilled with the prepared complete XF medium to a final volume of 500 μl per well. Cells were equilibrated for 1 h in a non-CO2 incubator. 1 μM of oligomycin, 1 μM of FCCP and 0.5 μM of Rotenone/Antimycin A were serially added in a Seahorse XFe24 Analyzer. Data were normalized through EVOS FL Auto (Thermo Fisher Scientific) after staining cells with Hoechst (Thermo Fisher Scientific).



ATP Quantification

ATP was quantified using a luciferase-based kit (Molecular Probes). 10 K of cells were plated in a 96-well opaque white plate with a clear bottom. After 24 h, cells were then permeabilized with cold methanol for 15 min at 4°C. Treatment with ATP (100 μM) and oligomycin (25 μM) for 15 min before methanol addition were used as positive and negative controls, respectively. The standard reaction solution (Molecular Probes) containing the firefly luciferase and D-luciferin was loaded. A Flexstation 3 plate reader (Molecular Devices) was used to read the luminescence at the integration time of 500 ms with normal gain. ATP amount was then measured using a standard curve.



GSH/GSSG and Thiol Measurements

Total reduced thiols, GSH and GSSG were measured as previously described (Zhang et al., 2018). EO cells were isolated and their extracts were either used directly for total reduced thiol determination with thiol fluorescent probe IV (Millipore), or precipitated by sulfosalicylic acid. The supernatant was neutralized by triethanolamine and divided into two portions. To measure the reduced GSH, one of the supernatant portions was incubated with the thiol fluorescent probe IV (Ex 400 nm/Em 465 nm). For total GSH (GSH + GSSG), the second supernatant portion was incubated with the reduction system (containing NADPH and glutathione reductase) at 37°C for 20 min. The ratio was determined as follows: GSH/GSSG = [GSH]/(([Total GSH] − [GSH])/2).



ROS Measurements

MitoSOXTM Red Mitochondrial Superoxide Indicator (Thermo Fisher Scientific) was used to measure ROS in LS8 cells. 10 K cells were plated on 96-well black plate with a clear bottom. After 24 h they were loaded for 30 min with MitoSOX (5 μM) at 37°C with 5% CO2. After washing with HBSS, fluorescence at 510/580 nm was measured every 2 min in a Flexstation 3 plate reader (Molecular Devices). Treatment additions were done after 3 min from starting the measurement.



Viability Assay

LS8 cells were plated and treated with H2O2 (10 and 500 μM) for different time exposure (15 and 30 min, 1–24–48 h). Then, cells were loaded with Hoechst 350/461 nm (0.2 to 5 μg/mL; Thermo Fisher Scientific) and propidium iodide 493/636 nm (1 μM; Thermo Fisher Scientific). Images were taken using a Leica TCS SP5 II confocal microscope and edited using ImageJ (NIH).



Cytofluorimetric Analysis

EO cells were isolated and suspended in FACS buffer (1% FBS in PBS) as previously described (Chen et al., 1998). Fluorescent PE anti-rat CD90/mouse CD90.1 (Thy-1.1) (1:500; BioLegend) was used for 30 min at 4°C in the dark to allow to distinguish between fibroblasts and ameloblasts. The analysis was performed by a flow cytofluorimetry (FACSAria IIu SORP cell sorter; BD) using FACSDiva software. Data for 10 K to 20 K events were collected.



Immunocytochemistry

EO cells were isolated for immunohistochemical analysis and, after 24 h plating on 25 mm coverslips, fixed with 4% paraformaldehyde. Immunofluorescence staining was performed as follows: briefly, the cells were blocked and permeabilized with BSA 1%, Triton 0.1% in PBS for 5 min. After two washes in PBS, the following primary antibodies were used: anti-Ambn (1:500 dilution; SantaCruz sc-50534), and anti-AmelX (1:500 dilution; SantaCruz; sc-32892). After washing, detection was carried out using Alexa Fluor 488 (1:500 dilution; Life Technologies). Samples were embedded using Fluoromount mounting medium (Novus) containing DAPI. Images were taken using a Leica TCS SP5 II confocal microscope and edited using ImageJ (NIH).



Transmission Electron Microscopy (TEM)

Cells were fixed with 1.25% (v/v) glutaraldehyde in 0.1 M sodium cacodylate at pH 7.4 for 2 h at room temperature, then conserved in 0.1 M sodium cacodylate pH 7.4. Slices of cells obtained after resin infiltration and polymerization were imaged on a Tecnai-20 electron microscope (Philips-FEI). Three independent samples per each cell type were prepared and labeled with a numerical code. Images from five different cells (more than 50 images) per sample were collected by the personnel of the electron microscopy facility (DeBio Imaging Facility, Department of Biology, University of Padova).



Western Blot

EO total lysates were prepared in Laemli buffer (BioRad) and beta-mercaptoethanol (BioRad) and then loaded in 10% SDS-polyacrylamide resolving gels (BioRad). The membranes were saturated with fat-free milk 5% in TBS (Tris-HCl 50 mM, NaCl 150 mM, pH 7.5) Tween 0.1% for 1 h at room temperature and probed with antibodies against ETC complexes (Total OXPHOS rodent WB Antibody Cocktail, Abcam) and beta-Actin (Santa Cruz). Signals were amplified and visualized with horseradish peroxidase-conjugated secondary antibodies (BioRad) and detected by the ChemiDocTM XRS + with Image LabTM Software (BioRad). Western blots images were analyzed using the ImageJ software (NIH).



Statistical Analysis

All statistical analyses of the data were done using Prism8 (GraphPad Software). A minimum of three independent experiments were performed. ANOVA or two-tailed unpaired Student’s tests were used to analyze statistical significance. Differences with P-values of < 0.05 were considered significant: ∗P < 0.05, ∗∗P < 0.01, ∗∗∗P < 0.001, and ****P < 0.0001. Results are shown as means ± SEM.



RESULTS


Determination of Controls During Cell Isolation

To ensure that our dissections of enamel organ (EO) cells represented the secretory and maturation stages, we used the gene markers Enam and Odam, which are highly expressed in secretory and maturation stages, respectively (Supplementary Figure 1A) and we tested the expression of AmelX and Ambn in both the populations through immunofluorescence staining (Supplementary Figure 1B). Our data, shown in Supplementary Figure 1, confirmed that each cell population represents their respective developmental stage. The possible contamination of fibroblasts in the EO cell preparations was analyzed by cytofluorimetric analysis by labeling fibroblasts with the CD-90 marker. This analysis showed that fibroblast contamination in the EO cell dissections was small, with 10 and 8% found in our preparation for secretory and maturation, respectively (Supplementary Figure 1C). These data are in agreement with a previous report that indicated a 90% of ameloblasts by FACS using a very similar cell isolation method (Chen et al., 1998).



Mitochondrial Biogenesis

To determine differences in mitochondrial biogenesis between the secretory and maturation stages, we analyzed the expression of PGC1α (Pparcg1α) by RT-qPCR. Pparcg1α mRNA level was two-fold higher in the maturation stage than in the secretory EO cells (Figure 1A). We also determined the ratio of mtDNA to nDNA using Rnr2 as a mtDNA gene marker which was compared to the Gapdh as a marker for nDNA. The mtDNA/nDNA ratio was higher in maturation EO cells (Figure 1B). These results suggest an increase in mitochondrial mass from the secretory to the maturation stage.
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FIGURE 1. Mitochondrial morphology and biogenesis but not membrane potential differ in amelogenesis. (A) RT-qPCR analysis of peroxisome proliferator-activated receptor gamma coactivator 1-alpha (Pparcg1α), a marker for mitochondrial biogenesis revealed upregulation of its mRNA in maturation. (B) RT-qPCR analysis of Rnr2 (16S ribosomal RNA), a marker for mitochondrial DNA, which was normalized to Gapdh as a reference for nuclear DNA, show an increase in maturation. (C) RT-qPCR analysis of mitochondrial pro-fission (Fis1, Drp1) and pro-fusion (Mfn1, Mfn2, Opa1) factors show a decrease in their mRNA expression in maturation cells. (D) Mitochondrial morphology assessment using CellLight Mito-GFP show increased mitochondrial fragmentation in maturation (scale bar = 1 μm). (E) Transmission Electron Microscopy (TEM) micrographs further show the range of mitochondria shape and size which are present in secretory (left panel) and maturation cells (right panel) (scale bar = 2 μm). (A–C) Data represent mean ± SEM from at least n = 3–6 independent experiments (*P < 0.05, **P < 0.005, ***P < 0.001, two tailed unpaired Student’s t-test). (F) Mitochondrial membrane potential (MMP) measured using TMRM show similar values in secretory and maturation EO cells.


To deepen the knowledge on mitochondrial dynamics, we evaluated the mRNA expression levels of gene markers for the fission process, mitochondrial fission 1 protein (Fis1), dynamin related protein 1 (Drp1), the fusion process via Mitofusin 1/2 (Mfn1/2), and optic atrophy 1 (Opa1). We found that Drp1, Mfn1 and Opa1 mRNA levels were lower in the maturation EO cells, suggesting that mitochondrial fusion is decreased at that stage (Figure 1C). To further investigate this possibility, we loaded the cells with MitoGFP and analyzed them by confocal microscopy and TEM. Confocal microscopy showed higher mitochondrial fragmentation in maturation EO cells (Figure 1D), as also supported by TEM analysis. Secretory cells showed an enrichment in rough endoplasmic reticulum and less mitochondria whereas in maturation mitochondria appeared more rounded (Figure 1E).



Mitochondrial Membrane Potential (MMP) Is Unchanged Across Stages

To determine possible differences in mitochondrial membrane potential (MMP) between the two stages, we loaded secretory and maturation EO cells with TMRM. Treatment with oligomycin A, an ATP-synthase blocker that hyperpolarizes mitochondria, showed no differences in MMP between secretory and maturation EO cells. Similarly, the addition of FCCP, which depolarizes the MMP, showed no differences between the two cell types (Figure 1F). These results indicate that MMP is unchanged across both stages.



Mitochondria ETC Complexes and OXPHOS Are Upregulated in Maturation

To highlight differences in the expression levels of the ETC complexes between the cell types, we measured the mRNA levels of the key components of the ETC by RT-qPCR (Figure 2A). The genes Ndufa2, Sdha, Uqcrfs1, Cycs, and Atp5f1a represent the components of complexes I, II, III, IV, and V of the ETC, respectively. We show that all of these were significantly upregulated in maturation EO cells. To further validate these data, we analyzed the protein levels of the ETC complexes by Western blot (Figure 2B). Complex I showed a stronger band in maturation, and all of the other complexes showed a trend toward higher levels in maturation EO cells overall (Figure 2B). To assess mitochondrial function at each stage, we analyzed differences in oxidative phosphorylation (OXPHOS) by quantitating the oxygen consumption rate (OCR) using the Seahorse Flux Analyzer to measure key aspects of cellular metabolism. We show that basal mitochondrial respiration, ATP production and spare and maximal capacity were all significantly higher in maturation EO cells (P < 0.05) (Figures 2C,D). In agreement with these results, ATP levels measured by luminescence showed higher total ATP levels in the maturation stage (Figure 2E). Combined, these data suggest that maturation EO cells experience an upregulation of OXPHOS, indicative of an increase in energy demand.
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FIGURE 2. Mitochondrial respiration and ATP production are upregulated in maturation. (A) RT-qPCR analyses of components of the ETC subunits [NADH ubiquinone oxidoreductase subunit A2 (Complex I – Ndufa2), succinate dehydrogenase complex flavoprotein subunit A (Complex II – Sdha), ubiquinolcytochrome c reductase, Rieske iron-sulfur polypeptide 1 (Complex III – Uqcrfs1), cytochrome c, somatic (Cycs) ATP synthase F1 subunit alpha (Atp5f1a)]. (B) Western blot and ImageJ analyses of complexes CI-NDUFB8, CII-SDHB, CIII-UQCRC2, CIV-MTCO1, and CV-ATP5A show higher expression in maturation (C). OCR traces (and respective quantification in (D) in secretory and maturation EO cells showed an overall increase in OXPHOS in the latter, with a significant increase in ATP production. (E) Higher ATP levels in maturation cells measured by luminescence. Data represent mean ± SEM from at least n = 3–6 (*P < 0.05, **P < 0.005, ***P < 0.001, two tailed unpaired Student’s t-test).




ROS Are Elevated in Maturation

It was previously suggested that the redox status and thiol modifications were relevant features in amelogenesis (Eckstein et al., 2017), although such differences across the stages had not been directly measured. The total amount of reduced thiols, as well as, the protein reduced thiol amounts were lower in the maturation stage (Figure 3A), suggesting the possibility of an enhanced oxidation of thiol groups associated with increased levels of post-translational modifications such as S-glutathionylation, as previously suggested (Eckstein et al., 2017). In addition, the upregulation of the mitochondrial complex I and III can be indicative of enhanced ROS production, as has been reported elsewhere (Schmidt et al., 1995, 1996; Kushnareva et al., 2002; Chen et al., 2003; Marinho et al., 2014; Booth et al., 2016). The different expression of these complexes in secretory and maturation EO cells shown above prompted us to analyze changes in ROS. We measured the levels of glutathione (GSH) levels, the most abundant antioxidant molecule in cells, as well as its oxidized form (GSSG), that is increased in conditions of elevated ROS (Griffith and Meister, 1985) to obtain the GSH/GSSG ratio, as this is an efficient parameter to assess changes in cellular redox state (Townsend et al., 2008; Zhang et al., 2018). Maturation EO cells showed lower GSH and increased GSSG than the secretory EO cells (Figure 3B). Consequently, the GSH/GSSG ratio was lower in maturation cells (Figure 3C), confirming an alteration in the redox state of these cells.
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FIGURE 3. Maturation EO cells show increased oxidation. (A) Maturation stage EO cells show decreased total thiol and thiol protein levels, (B) decreased GSH and increased GSSG. (C) The GSH/GSSG ratio is significantly lower in maturation, indicating increased oxidation. Data represent mean ± SEM from at least n = 3–6 (*P < 0.05, **P < 0.005, ***P < 0.001, two tailed unpaired Student’s t-test).




ROS Modulate the Expression of EMPs

The observed changes in redox in enamel cells suggested the possibility that ROS could act as a physiological modulator of cellular function, given that changes in ROS levels can accompany oxidative phosphorylation and that they have been associated with several signaling pathways, such as differentiation (Sauer et al., 2001), mitogenesis, senescence (Bladier et al., 1997), vascularization, inflammation and apoptosis (Reth, 2002; Valko et al., 2007). To address if ROS are involved in enamel formation, specifically by affecting expression of EMPs, alterations of ATP or cell viability, we used the ameloblast cell line LS8, one of the most commonly used enamel cell lines (Chen et al., 1992). We stimulated these cells with H2O2 to induce an increase in intracellular ROS. We used two concentrations of H2O2 (10 and 500 μM) as these are known to have an effect in cell signaling and Ca2+ homeostasis (Bogeski et al., 2010; Joseph et al., 2018). As expected, MitoSOX-loaded LS8 cells showed increased ROS levels when exposed to 10 and 500 μM of H2O2 (Figure 4A). To determine if H2O2 affected cell viability we monitored LS8 cells exposed to H2O2 over 48 h. LS8 cells were unaffected at the lower concentration of H2O2 (10 μM), but a concentration of 500 μM of H2O2 induced cell death (Figure 4B). To determine if H2O2 (10, 500 μM) affected cellular metabolism, we measured ATP levels after 15 min of treatment, as this time period had no effect on cell viability. We showed a significant decrease in ATP when cells were exposed to 500 μM of H2O2 but not with 10 μM. Extracellular ATP (100 μM) and oligomycin (25 μM) (see also Supplementary Figure 2) were used as controls (Figure 4C).
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FIGURE 4. ROS modulates enamel gene expression. (A) H2O2 treatment of LS8 cells elicited a dose dependent enhancement of the MitoSOX fluorescence. (B) LS8 cells viability was significantly decreased upon treatment with H2O2 500 μM, but not 10 μM (scale bar = 100 μm). (C) ATP content decreased when LS8 cells were exposed to 500 μM of H2O2 after 15 min. (D) LS8 cells exposed to both H2O2 concentrations (10 and 500 μM) show altered expression of AmelX and Enam mRNA levels. Data represent mean ± SEM from a minimum of three independent experiments (*P < 0.05, **P < 0.005, ***P < 0.0001, two tailed unpaired Student’s t-test).


To assess if the increase in ROS induced by H2O2 played a signaling role, we measured the expression of the EMPs genes AmelX and Enam in LS8 cells exposed to H2O2 (10, 500 μM) for 15 min by RT-qPCR. This time point was chosen because it increased mitochondrial ROS (Figure 4A) and decreased ATP levels without causing cell death (Figure 4B). Treatment with low H2O2 (10 μM) concentration elicited a significant decrease in the expression of AmelX and Enam, whereas the opposite was found at high concentrations of H2O2 (500 μM) (Figure 4D). These results suggest either a direct role of H2O2 as a second messenger altering enamel gene expression, or an indirect effect via a modification in ATP levels. To test the latter, we measured the expression of AmelX and Enam by RT-qPCR after treating the cells with oligomycin (1, 25 μM) for 15 min to alter ATP levels (Neubert and Lehninger, 1962). At high concentration, oligomycin (25 μM) induced a significant increase in the expression of both genes but no significant differences were observed at the lower oligomycin (1 μM) concentration (Supplementary Figure 3). Together, these data indicate that a stimulus of low [H2O2] increased ROS and decreased the expression of enamel genes without affecting ATP levels. By contrast, while high [H2O2] also raised ROS levels, it resulted in significantly decreased ATP with upregulation of enamel gene expression. Based on these results, we suggest that moderate ROS changes are likely modulators of gene expression in enamel cells without eliciting changes in ATP.



DISCUSSION

The number and localization of mitochondria differ between secretory and maturation stage ameloblasts (Kallenbach, 1970; Assis et al., 2003; Eckstein et al., 2018), suggesting a potential difference in their function (Elwood and Bernstein, 1968; Jessen, 1968; Assis et al., 2003; Eckstein et al., 2018). We have analyzed basic physiological parameters of mitochondria in secretory and maturation stages of amelogenesis, focusing on mitochondrial biogenesis and respiration, as well as, outputs related to mitochondrial function such as the redox status. Results presented here show that mitochondrial function differs in secretory and maturation stage EO cells.

PGC1α is involved in regulating several mitochondrial pathways by its interaction with nuclear respiratory factor 1 and 2 (Nrf1, Nrf2) and also estrogen-related receptor alpha (ERRα) (Wu et al., 1999; Mootha et al., 2004; Scarpulla, 2008; Handschin, 2009). The trans-activation of these transcription factors may induce mitochondrial biogenesis through mtDNA transcription/replication (Schreiber et al., 2004; Scarpulla, 2008), fatty acid oxidation, transcription of components of the respiratory chain and the mitochondrial oxidative function (Wu et al., 1999; Mootha et al., 2004). Pprgc1α mRNA levels were upregulated in maturation EO cells, suggesting an increase mitochondrial biogenesis (Figure 1A). The mtDNA/nDNA ratio using Rnr2 (16s ribosomal RNA), one of the most commonly used mitochondrial gene markers to quantify mtDNA (Gadaleta et al., 1989; Carabelli et al., 2011; Quiros et al., 2017), was higher in the maturation stage (Figure 1B), further supporting the notion of increased mitochondrial mass in maturation enamel cells. These data are in agreement with previous reports in which the volume and the surface of mitochondria were measured in secretory and maturation stage ameloblasts by light and electron microscopy (Kallenbach, 1970; Assis et al., 2003).

A key feature of mitochondria is that they are highly dynamic organelles undergoing fission and fusion to sustain their maintenance (Scorrano, 2013; Wai and Langer, 2016; Giacomello et al., 2020). Fission is required to create new mitochondria and to prime mitophagy (Rodger et al., 2018), while fusion attenuates stress by mixing the contents of potentially damaged mitochondria (Youle and van der Bliek, 2012; Liesa and Shirihai, 2013; Wai and Langer, 2016). Both processes are regulated by complex protein machineries that include the pro-fusion proteins Mfn1, Mfn2 and Opa1, and the pro-fission factors Fis1 and Drp1 (Youle and van der Bliek, 2012; Liesa and Shirihai, 2013; Wai and Langer, 2016). With the exception of Fis1 and Mfn2, mRNA levels of fusion and fission genes were downregulated in maturation suggesting an attenuation of these functions.

The shape of mitochondria in the maturation stage identified in our study appears more rounded than in the secretory stage cells (Figures 1D,E), consistent with observations made by Jessen (1968) and Josephsen and Fejerskov (1977). This might have implications for mitochondrial motility as round and smaller mitochondria are able to move more easily (Campello et al., 2006) than other shapes.

Mitochondria fragmentation is commonly linked to mitophagy (Rodger et al., 2018), an elaborated process involving distinct pathways from mitochondrial biogenesis. Mitophagy mediates mitochondria turn-over following mitochondrial damage or age (Narendra et al., 2008; Twig et al., 2008; Ashrafi and Schwarz, 2013), and it is defined as programmed-mitophagy in developmental and physiological contexts (Schweers et al., 2007; Ney, 2015). When mitochondria undergo mitophagy, they become engulfed by double-membrane autophagosomes which then fuse to lysosomes to be degraded (Rodger et al., 2018). To the best of our knowledge, no published data are available on mitophagosomes in the enamel cells, but in our preliminary analysis of counts of mitophagosomes using our TEM micrographs of EO cells, we did not observe any significant differences between the two stages (data not shown), although this should be more carefully detailed in future studies. The similar values obtained here for MMP in secretory and maturation EO cells (Figure 1F) support the notion, although preliminary, that mitophagy is not a relevant feature in amelogenesis.

In maturation stage ameloblasts, mitochondria accumulate near the distal pole adjacent to the ruffled-border and thus show a different localization than in secretory stage cells (Jessen, 1968; Josephsen and Fejerskov, 1977; Assis et al., 2003). Our findings that maturation stage cells show shape changes with a more fragmented appearance, along with increased mitochondrial biogenesis markers, would suggest that these processes enable the displacement and accumulation of mitochondria near the distal pole of maturation ameloblasts. This mitochondrial accumulation may potentially contribute to the movement of ions as previously suggested (Elwood and Bernstein, 1968; Jessen, 1968; Eckstein et al., 2018).

Higher mitochondrial mass may in part explain the observed upregulation of ETC components in the maturation stage (Figures 2A,B). We found a significant increase in basal and maximal respiration, higher ATP content and increased respiratory capacity in maturation EO cells (Figures 2C,D). As noted, this increase in OXPHOS in the maturation stage may be associated with the higher number of mitochondria. However, the metabolic requirements of secretory and maturation stage cells may also differ and account for changes in ETC function. We and others have shown that ATP-dependent pumps (SERCA-sarco/endoplasmic reticulum Ca2+-ATPase), H+-ATPases and channels (e.g., CFTR-cystic fibrosis transmembrane conductance regulator), are upregulated during maturation (Lacruz et al., 2012a). SERCA pumps are dedicated to the translocation of cytosolic Ca2+ into the lumen of the endoplasmic reticulum (ER) (Chen et al., 2019), whereas H+-ATPases likely facilitate the outward exchange of H+ that are generated either via the ETC, or through the activity of carbonic anhydrases (CA) of which at least the cytosolic CA2 is upregulated in maturation (Lacruz et al., 2012a). The increased activity of proteins requiring ATP in the maturation stage thus necessitates an increased availability of ATP. Without these critical functions performed by ATPases and CFTR, there would be an impairment to the development of healthy enamel. Therefore, a rise in energy demand in maturation must be met by a rise in ATP production that is matched by higher rates of electron transfer by the ETC. We suggest that the higher levels of OXPHOS in maturation fulfills the increased metabolic needs of ATP-dependent pumps and exchangers. Other physiological functions such as the recreation of the ruffled-border is also likely requiring a higher metabolic output. Previous reports support our hypotheses by showing increased cytochrome C oxidase (complex IV) levels in the maturation stage (Ohshima et al., 1998).

The generation of ROS is closely associated with the mitochondrial oxidative metabolism that releases ROS as a byproduct (Trinei et al., 2013). The increased in OXPHOS reported here in maturation cells is paralleled by differences in the redox status of secretory and maturation enamel cells. We investigated the GSH/GSSG ratio as an indicator of the redox environment in cells (Ballatori et al., 2009). Our results showed a reduction in the GSH/GSSG ratio in the maturation stage, indicative of increased oxidation (Figures 3B,C). We had previously argued that changes in redox in enamel cells might be physiological in nature (Eckstein et al., 2018). Accumulated evidence has shown that ROS plays a central role as a secondary messenger with the ability to modify proteins (Reth, 2002; Townsend, 2007; Zhang et al., 2018). In enamel cells, we proposed that S-glutathionylation could be important for signaling via the modification of thiols in proteins (Eckstein et al., 2017, 2018). We demonstrated this in the ameloblasts cell line, LS8 cells, where attenuation of GSH synthesis led to changes in SERCA function (Eckstein et al., 2019). Here we show that primary enamel organ cells from the maturation stage have a significant decrease in thiols, suggesting a likely increase in S-glutathionylation (Grek et al., 2013). This interpretation is in keeping with the decrease in GSH, limiting the ROS scavenging capacity of enamel cells in maturation.

To further investigate if ROS play a role in enamel formation, we measured changes in the expression of EMP genes essential for this process. ROS stimulation by H2O2, the main ROS metabolite involved in redox suitable to study physiological changes in vitro (Stone and Yang, 2006; Sies, 2017), elicited changes in the expression of AmelX and Enam mRNA level after 15 min of treatment (Figure 4D). To address if ATP levels influenced the expression of EMPs, we measured AmelX and Enam mRNA in LS8 cells treated with oligomycin as this is known to affect ATP levels (Neubert and Lehninger, 1962). Exposure to oligomycin (25 μM) resulted in upregulated mRNA levels of both genes with a significant decrease in ATP (Supplementary Figures 2, 3). By contrast, treatment with 1 μM of oligomycin, which does not affect ATP (Supplementary Figure 2), showed no significant changes in gene expression (Supplementary Figure 3). Together, these data indicate that low ROS levels can stimulate changes in enamel gene expression (Figure 4D) and because this occurs without altering ATP (Figure 4C), it suggests that ROS may function as a second messenger in enamel cells. Because the expression of AmelX and Enam decrease in maturation in vivo (Lacruz et al., 2017), and because we have shown here that ROS levels are elevated in maturation, it is tempting to suggest that the decrease in the expression of these two genes associated with a moderate increase in ROS in LS8 cells might be mimicking the physiological changes observed in vivo. Although further analyses are required to address this in more detail, these data would point to a physiological role of ROS in maturation potentially associated with decreasing the expression of enamel genes.

In summary, we have shown that the two main stages in the development and mineralization of dental enamel differ in mitochondrial shape and function. Maturation stage cells showed more round-shaped mitochondria that could be potentially more mobile. Our findings also show an increase in OXPHOS with higher ATP production in the maturation stage, possibly to meet ATP demands by ATP requiring proteins. Finally, increased OXPHOS likely resulted in elevated ROS (Trinei et al., 2013) that depleted GSH content, oxidizing the cellular environment, suggesting that ROS may play a signaling role in enamel.
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Mitochondrial dysfunction and neurodegeneration have been directly correlated in many neurodegenerative disorders. Parkinson’s disease (PD) in particular has been extensively studied in this context because of its well-characterized association with mitophagy, a selective type of autophagy that degrades mitochondria. Mitophagy is triggered by ubiquitin modification of proteins residing on the surface of mitochondria. Therefore, mitophagy is subject to suppression by deubiquitination. In recent years, many deubiquitinase enzymes (DUBs) emerged as therapeutic targets to compensate hindered mitophagy in PD. It is reasonable that inhibition of specific DUBs should induce mitophagy by blocking deubiquitination of mitochondrial proteins, although the signaling pathway is not always that linear. The broad aspect suggests that there could be cross talks among DUBs, which may in turn have synergistic effect to rescue the disease progression. In this short review we have highlighted DUBs that hold therapeutic value in the field of neurodegenerative diseases, PD in particular.
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PARKINSON’S DISEASE AND MITOCHONDRIAL QUALITY CONTROL: NEW ANSWERS TO AN OLD RIDDLE

The age-old question: how to address and slow down Parkinson’s disease (PD) progression, still remains elusive. The progressive decline in neuro- motor behaviors, which originates from specific loss of dopaminergic neurons in Substantia Nigra Pars Compacta, is the major concern. Dopaminegic neurons are known to be more vulnerable than other cell types because of their reliance on a specific subtype of Ca2+ channels to maintain their autonomous pacemaking activity (Chan et al., 2007), and their high-energy demand to sustain dopamine metabolism (Michel and Hefti, 1990; Zecca et al., 2003; Greenamyre and Hastings, 2004). Albeit fundamental for ATP synthesis to fuel cell needs (Nunnari and Suomalainen, 2012), oxidative phosphorylation can generate reactive oxidative species (ROS), and mitochondria can become source of cellular toxicity. The relationship between PD and mitochondria is further advocated by the fact that people with mutation in genes which are known to control mitochondrial degradation, like PINK1 and Parkin (Narendra et al., 2008; Geisler et al., 2010; Matsuda et al., 2010; Vives-Bauza et al., 2010; Bayne and Trempe, 2019; Biswas et al., 2020), develop a juvenile autosomal recessive form of PD (Kitada et al., 1998; Valente et al., 2004). The PINK1/Parkin pathway depicts that upon depolarisation of mitochondria, PINK1 recruits Parkin to mitochondria (Matsuda et al., 2010; Narendra D.P. et al., 2010; Vives-Bauza et al., 2010) to ubiquitinate specific proteins (VDAC, TOM20, MFN1, and MFN2, FIS1 among the most studied ones (Geisler et al., 2010; Tanaka et al., 2010; Ziviani et al., 2010; Chan et al., 2011; Yoshii et al., 2011; Sarraf et al., 2013; Junqueira et al., 2019). This event propels the organelle to the next step of mitophagy, if not pushed toward apoptosis (Ham et al., 2020). Ubiquitinated proteins on mitochondrial surface can directly interact with the autophagic isolation membrane via recruitment of autophagy receptors that contain conserved MAP1LC3/LC3-interacting regions (LIRs) (Johansen and Lamark, 2011). Several mitophagy receptors/adapters have been identified including p62/SQSTMA, FUNDC1, FKBP8, and BNIP3L/Nix, which are recruited to mitochondria under mitochondrial uncoupling stress conditions (Geisler et al., 2010; Narendra D. et al., 2010; Okatsu et al., 2010; Bhujabal et al., 2017), following hypoxia (Liu et al., 2012), or during activation of specific physiological pathways that control cell differentiation (Schweers et al., 2007; Sandoval et al., 2008; Novak et al., 2010). Not surprisingly, there are additional E3-ubiquitin ligases other than Parkin, which can ubiquitinate common targets on mitochondrial surface leading to Parkin-independent mitophagy. For example, MUL1 and Parkin share Mfn1 and two as common substrates, and they are both dependent on PINK1 for mitochondrial recruitment (Yun et al., 2014). Gp78 and Parkin also share common substrates, but whether Gp78 mitochondrial recruitment is PINK1 dependent or not is not fully clear (Fu et al., 2013). SIAH activation can trigger mitophagy independently of Parkin, but requires PINK1 to translocate to mitochondria (Szargel et al., 2016). Excavating these E3 ligases as alternatives to promote Parkin independent mitophagy is currently under intense investigation, and might hold therapeutic opportunities.

Many studies highlighted the importance of the ubiquitin proteasome system (UPS) for mitophagy execution (Yoshii et al., 2011). Proteosome-dependent degradation of mitochondrial pro-fusion proteins Mitofusins helps segregating dysfunctional mitochondrial from the mitochondrial network, and contributes to mitochondrial fission, which is required for efficient degradation (Tanaka et al., 2010). In addition, proteasome-dependent rapture of the outer mitochondrial membrane (Yoshii et al., 2011) exposes the inner mitochondrial membrane receptors of LC3, like Prohibitin two, (Wei et al., 2017) which prompt the formation of the autophagic isolation membrane.

It should be noted that there are other means by which mitochondrial quality control can be achieved that do not require the autophagy machinery. In particular, vesicles can bud from the mitochondrial network to deliver oxidized mitochondrial components to the lysosome for degradation (McLelland et al., 2014). These mitochondrial-derived vesicles (MDVs) represent a mechanism for selective removal of damaged mitochondrial parts, such as oxidized mitochondrial proteins, without degrading the entire organelle. An endosome-lysosome mitochondrial degradation pathway has also been recently described, in which damaged mitochondria are sequestered into early endosomes and delivered to lysosome for degradation (Hammerling et al., 2017). Both pathways are Parkin-dependent. Interestingly, canonical PINK1/Parkin pathway does not seem to be prevalent in neurons (Cai et al., 2012; Ashrafi et al., 2014; Lin et al., 2017). This raises the question whether neurons engage distinct mechanisms of mitochondrial quality control. Because neurons remain in non-dividing state, maintenance and recovery of mitochondrial integrity might be preferable to mitochondrial degradation (Puri et al., 2019).

In conclusion, different pathways are engaged to promote mitochondrial quality control. It is plausible that different cells deal with mitochondrial quality control differently, and the absence of one pathway and the level of compensation by the others may turn out to be the deciding factor for cell survival.



DUBS AND MITOCHONDRIAL QUALITY CONTROL

Because ubiquitination plays an important role in mitochondrial quality control, the current field of therapeutic excavation targets those candidates, which can increase mitochondrial ubiquitination. To preserve mitochondrial ubiquitination long enough to activate mitophagy, one compound should either be able to enhance mitochondrial ubiquitination or inhibit deubiquitination. The class of enzymes, which counteracts ubiquitin ligases are known as deubiquitinating enzymes (DUBs). The general notion states that there are three different ways by which DUBs can affect mitophagy: (i) by regulating the stability of Parkin, (ii) by antagonizing the activity of Parkin and finally (iii) by regulating the level of proteasome activity and autophagy (Table 1 and Figure 1). Thus, these parameters were used as read-out for large-scale or DUBs-specific genetic screening to identify potential novel regulators of mitophagy. Durcan et al. used CCCP-induced Parkin translocation and a DUBs- specific RNAi-based approach, to identify USP8 as an important controller of stress-induced Parkin translocation (Durcan et al., 2014). USP8 interacts with the epidermal growth factor receptor, and regulates proliferation and differentiation. It also controls endosomal trafficking by ubiquitin-mediated sorting of the endocytosed cargoes (Mizuno et al., 2005; Row et al., 2006; Williams and Urbe, 2007). It has been previously demonstrated that auto-ubiquitination inhibits Parkin activity and translocation to depolarised mitochondria (Wauer and Komander, 2013; Kumar et al., 2015; Seirafi et al., 2015). USP8 deubiquitinates the K6 linked ubiquitin conjugates from Parkin, and contributes to the release of the auto-inhibited state of Parkin, to promote CCCP-induced Parkin translocation and Parkin-dependent mitophagy (Durcan et al., 2014). In a similar DUBs-specific RNAi-based cell screening, and using Mfn steady state levels as read out, USP8 and USP14 were identified to affect pathologically elevated Mfn protein levels. USP8 genetic and pharmacological inhibition improved mitochondrial function, climbing ability, life span, and dopaminergic neurons loss of two Drosophila models of mitochondrial dysfunction (von Stockum et al., 2019). Interestingly, USP8 knockdown also protects from α-synuclein–induced locomotor deficits and cell loss in an α-synuclein Drosophila model of PD (Alexopoulou et al., 2016), further supporting the potential therapeutic implication of USP8 inhibition. USP14 is among the DUBs, which remain in close association with the proteasome complex, and affect the degradation rate of proteasome-processed proteins. USP14 trims the ubiquitin chains one at a time, increasing the dwelling time of the protein on the proteasome (Lee et al., 2010). Thus, USP14 inhibition enhances proteasome activity that was found to impact autophagy, although its role in this context is controversial (Xu et al., 2016; Kim et al., 2018). Importantly, USP14 genetic or chemical inhibition exacerbates basal mitophagy in PINK1/Parkin independent manner, and proved to be protective in two well-established Drosophila models of PD (Chakraborty et al., 2018). Deubiquitinating enzyme Ataxin-3 (ATXN3), which mutation is associated to dominantly inherited ataxia (known as Machado–Joseph disease orMJD), was also found to directly interact with Parkin, and influence its ubiquitination. The mutant form of ATXN3 was reported to increase Parkin turnover by promoting its degradation via autophagy (Durcan and Fon, 2011; Durcan et al., 2011). ATXN3 regulates Parkin auto-ubiquitination by stabilizing the complex between Parkin and its E2 ubiquitin-conjugating enzyme, thus impeding the efficient transfer of ubiquitin from the E2 ubiquitin-conjugating enzyme to Parkin (Durcan et al., 2012). Increased Parkin turnover caused by mutant ATXN3 might explain some of the PD-related phenotypes that are observed in MJD, although a direct association between PD and ATXN3 mutation is yet to be well characterized. In another study that screened Flag-tagged human DUB cDNA library for CCCP-induced mitophagy, authors identified USP30 that efficiently antagonized mitochondrial loss (measured by immunostaining for TOM20). The study showed that Parkin and USP30 have common targets such as TOM20 and MIRO1, which are ubiquitinated by Parkin during CCCP-mediated mitophagy. Interestingly, USP30 is actually a Parkin substrate, and Parkin-dependent ubiquitination of USP30 facilitates proteasome-dependent degradation of the protein so that this DUB is kept at low levels when active Parkin is required to promote mitophagy. Knockdown of USP30 rescues defective mitophagy caused by parkin mutations and, more interestingly, improves mitochondrial phenotype of PINK1 and Parkin KO flies (Bingol et al., 2014). Thus, enhanced proteasome activity helps mitophagy via enhanced degradation of Parkin-opposing DUB USP30. Analysis of Parkin interactome by tandem affinity purification coupled to mass spectrometry identified DUB USP15 as physical Parkin interactor, but only in overexpressed conditions. The mechanism of action of USP15 is demonstrated to be by antagonizing Parkin ubiquitination on common mitochondrial targets, like Mfn2, and does not affect Parkin translocation or ubiquitination levels. Downregulation of USP15 promotes mitophagy in primary fibroblasts generated from skin biopsy of patients with PARK2 mutation, and rescues mitochondrial as well as locomotor phenotype of parkin RNAi flies (Cornelissen et al., 2014). Importantly, USP15 downregulation enhances basal mitophagy in vivo in parkin-downregulated flies measured by mt-keima, and specifically in neuronal cells. Because mitophagy increases with aging in wild type flies, but not in PINK1 or Parkin KO flies, the effect of USP15 KD on basal mitophagy has been interpreted as the mechanism of rescue seen in flies (Cornelissen et al., 2018).


TABLE 1. Deubiquitinase enzymes and Parkinson’s disease.
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FIGURE 1. Deubiquinating enzymes in the regulation of mitophagy. Dotted lines with (?) indicate a potential functional interaction, which is yet to be demonstrated. USP8 positively regulates Parkin mitochondrial recruitment and mitophagy, whereas USP15, ATXN3, and USP30 negatively impact Parkin activity. Parkin has in turn a negative feedback loop on USP30. USP14 can tune the ubiquitin proteasome system (UPS) as well as autophagy. UCH-L1 and USP24 negatively influences autophagic membrane formation. It is yet to be demonstrated whether USP14 stability can be regulated by autophagy in a negative feedback loop (?), and whether USP14 can impact USP30 stability (?). Green arrows indicate positive impact while blunt lines indicate negative / antagonizing feedback.


Among the regulators of autophagy and proteasome, another DUB UCH-L1 was found to be associated with PD. UCH-L1 acts on polyubiquitin chain, and increase availability of free monomeric ubiquitin to the ubiquitin proteasome system, thus increasing proteasome-dependent degradation. Interestingly, the I94M mutation in UCH-L1 has been found in autosomal dominant PD patients (Leroy et al., 1998; Kabuta et al., 2008), and reduced mRNA and protein levels of this DUB were found in PD post-mortem samples from frontal cortex and medulla oblongata. Because UCH-L1 influences the activity of the proteasome, and it is associated with pathological α-Synuclein accumulation, these results led to the conclusion that UCHL-1 contributes to abnormal protein aggregation (Barrachina et al., 2006). In perfect agreement with this, it was reported that UCH-L1 directly interacts with chaperone-mediated autophagy (CMA), by physically binding to LAMP-2A, Hsp70 and Hsp90 (Kabuta et al., 2008). It should be noted that a protective S18Y UCH-L1 variant has also reported to be reversely correlated to the disease onset (Carmine Belin et al., 2007), although contrasting works on this topic have been published (Healy et al., 2006). The protective feature of the mutation has been specifically studied in the dopaminergic system of MPTP induced mouse model of PD, and is attributed to its antioxidant property (Xilouri et al., 2012). Several lines of evidence indicate that DUB USP9X also plays a role in the etiology of PD, and other neurodegenerative diseases. USP9X is an eclectic DUB that is highly conserved from Drosophila to mammals. It plays a role in human cancer, developmental and autoimmune diseases. In the context of neurodegeneraiton, USP9X has been shown to direct the autophagic degradation of α-Synuclein by deubiquitinating its monoubiquitinated form (Rott et al., 2011). Interestingly, in brain tissue, USP9X colocalises with α-Synuclein inclusions, and PD patients present reduced levels of USP9X. It is believed that decreased levels of USP9X result in accumulation of monoubiquitinated α-Synuclein, which are more prone to aggregate and caused neuronal toxicity. Finally, DUB USP24 was recently identified as a negative regulator of autophagy by affecting steady state levels of autophagy factor ULK1. USP24 downregulation promotes ULK1 stability, increases the autophagic flux and prevents age-dependent neurite growth decline of an iPSCs-derived dopaminergic neuronal model (Thayer et al., 2020). Interestingly, USP24 genetic polymorphisms is correlated to PD onset (Li et al., 2006; Haugarvoll et al., 2009).

The potential involment of these DUBs in mitohondrial autophagy has not been yet investigated.



CONCLUSION

The mammalian genome encodes for more than one hundred DUBs, indicative of large substrate specificity. The scenario depicts that there might be many overlapping pathways, which are controlled by multiple DUBs and may impact on PD development or progression. The cross talk between USP8, USP15, and ATXN3 can coordinate the activity of these DUBs, and ultimately control Parkin stability and activation (Figure 1). Interestingly, Parkin and USP30 have negative feedback loops on each other and might be very finely tuned under physiological conditions (Figure 1). As USP30 is a substrate of the proteasome, USP14 has the potential of controlling Parkin stability and Parkin-dependent mitophagy. Simultaneous studies to investigate the level and activity of these DUBs in PD models will be instrumental to further delineate the compensatory effects that might be crucial for the disease progression.
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A fundamental first step in the evolution of eukaryotes was infolding of the chemiosmotic membrane of the endosymbiont. This allowed the proto-eukaryote to amplify ATP generation while constraining the volume dedicated to energy production. In mitochondria, folding of the inner membrane has evolved into a highly regulated process that creates specialized compartments (cristae) tuned to optimize function. Internalizing the inner membrane also presents complications in terms of generating the folds and maintaining mitochondrial integrity in response to stresses. This review describes mechanisms that have evolved to regulate inner membrane topology and either preserve or (when appropriate) rupture the outer membrane.
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INTRODUCTION

There is compelling evidence that energy is the primary driver of evolution (Lane, 2015). Chemiosmosis was likely a prebiotic development, adapted to energy metabolism by early bacteria and transferred through one of them into the first proto-eukaryote. To understand eukaryotic biology and evolution (aspects of which remain enigmatic) is to appreciate the impact of mitochondria on almost every cellular activity. Simply put, the abundance of useful energy (in the form of ATP) provided by mitochondria made possible the evolution of the eukaryotic cell and drove the explosion of multicellular life over the last billion-plus years.

Because mitochondrial structure is regulated by proteins, it has been optimized in each organism and tissue by the same selective pressures that act on the chemiosmotic machinery itself. The paradigm of an energy-transducing membrane folded inside a barrier membrane is universal although the number, size, and shape of both the organelles and their folds (cristae) vary greatly. The greater the energy requirements of a cell, the more inner membrane surface area it contains. Because there are practical limits to the volume fraction that cells can reserve for mitochondria, crista packing is maximized where energy demand is greatest, e.g., in cardiomyocytes the surface area of the inner membrane is more than tenfold that of the outer membrane.



INNER MEMBRANE FOLDING CREATES SPECIALIZED COMPARTMENTS

The packaging of the inner membrane inside mitochondria is not random. Rather, the emerging consensus is that cristae are specialized microcompartments, engineered by the cell to optimize bioenergetic function. Cristae vary in shape but almost invariably are connected to the periphery of the inner membrane (apposed to the outer membrane) by crista junctions. These are narrow cylindrical or slit-shaped membrane regions that reverse local curvature, allowing the inner membrane to fold inward into the crowded matrix (Mannella et al., 1994; Perkins et al., 1997). The process of generating cristae involves several proteins that may define two distinct pathways (Harner et al., 2016), one involving OPA1 (Mgm1 in yeast) (Frezza et al., 2006; Meeusen et al., 2006). Both pathways involve members of the MICOS complex (Harner et al., 2011; Zerbes et al., 2012) that interact with respiratory complexes and cardiolipin (Friedman et al., 2015) as well as with dimers of ATP synthase (Eydt et al., 2017).

Crista junctions are ramps along which membrane proteins diffuse between the peripheral domain, where most are imported from the cytosol, and the cristae, where the respiratory complexes and supercomplexes are assembled (e.g., Perkins et al., 1997; Gilkerson et al., 2003; Lenaz and Genova, 2009; Dudkina et al., 2010; Milenkovic et al., 2017). There is evidence that assembly of the supercomplexes is affected by crista shape (Cogliati et al., 2013). Similarly, the crista junctions are bottlenecks for diffusion of solutes into and out of the microcompartments (Mannella et al., 1994). Computer modeling suggests that restricted diffusion can deplete intracristal ADP, slowing its return to the matrix through the adenine nucleotide translocase and decreasing the rate of ATP synthesis (Mannella et al., 2001, 2013). It also has been suggested that cristae enhance ATP synthesis by reducing dissipation of the proton gradient (Mannella et al., 1998) and even amplifying it in regions of high membrane curvature (Strauss et al., 2008). Although lateral proton gradients have been detected inside mitochondria (Rieger et al., 2014; Toth et al., 2020), they are independent of inner membrane topology (Toth et al., 2020). The latter study concludes that the advantage conferred by cristae on ATP synthesis arises not from proton sequestering but from close proximity of sites of proton pumping and consumption on the membrane. Clearly, further research is needed into the role of crista topology in regulating energy metabolism. For example, a recent study using correlative light/electron microscopy (LM/EM) indicates that cristae rapidly narrow and widen in response to metabolic changes, consistent with increasing chemiosmotic efficiency (Dlaskova et al., 2019).



INNER MEMBRANE FOLDING IS A BUILT-IN DEMOLITION MECHANISM

Although internalizing the chemiosmotic membrane is essential for mass production of ATP, it creates a complex and potentially risky situation for the cell. In particular, conditions that swell the matrix will cause the inner membrane to unfold and, eventually, rupture the outer membrane. In fact, cells use this demolition mechanism when death is the intended outcome. For example, inner membrane “herniation” of the outer membrane is observed in late stages of programmed cell death (extrinsic apoptosis) in FAS-activated liver (Figure 1). Crista contents, including cytochrome c, spill into the cyosol, resulting in irreversible loss of membrane potential and ATP production (Mootha et al., 2001). Matrix swelling in this case was attributed (Feldmann et al., 2000) to the mitochondrial permeability transition pore, MPTP, the opening of which can drive an osmotic influx of water sufficient to unfold the inner membrane and rupture the outer membrane (e.g., Rasola and Bernardi, 2011). Early in apoptosis, mitochondrial cytochrome c is released through megapores in the outer membrane formed by BAK and BAX. This release is incomplete and generally considered reversible (Martinou et al., 1999; Mootha et al., 2001; Tait and Green, 2013) prior to membrane herniation. In an elegant recent study of apoptotic MEF cells, including correlative LM/EM, BAK/BAX foci lined the sites of mitochondrial herniation, suggesting that local accumulation of megapores weakens the outer membrane, making its rupture more likely (McArthur et al., 2018). Because MPTP was not involved in this case, the outer membrane is likely under constant tension from inner-membrane expansion, perhaps driven by its elastic energy of deformation and small osmotic fluctuations.
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FIGURE 1. Mitochondrial herniation. (A) Electron micrograph of rat liver, 90 min after FAS activation. Arrow points to a herniation site, a large inner-membrane bleb protruding through a ruptured outer membrane. (B) A slice from an electron tomogram of a herniated mitochondrion. (C,D) Surface-rendered views showing the outer membrane (red), peripheral inner membrane (yellow), and cristae (green). Arrows point to crista junctions. Reproduced from Mootha et al. (2001) with permission (John Wiley and Sons, Inc.).


Extreme crista swelling is as perilous to the cell as uncontrolled matrix swelling, e.g., the total volume of a few fully expanded cristae in a single muscle mitochondrion easily exceeds the volume enclosed by the outer membrane. In fact, rupture of the outer membrane by crista (not matrix) swelling occurs in insect flight muscle as a prelude to apoptosis (Walker and Benzer, 2004). Clearly, the process of unfolding the inner membrane is as important to cell survival as generating the crista folds and likely is regulated as carefully. Given the finality of the outcome, factors that mitigate the effects of minor or accidental swelling on outer membrane integrity would confer a selective advantage on the cell. These factors and what is known about their regulation are the topic of the remainder of this review.


Protective Role of VDAC on Outer Membrane Integrity

Although, at first glance, it seems risky to fold a large membrane within an outer membrane, rupture of which is fatal, this situation actually provides the cell an advantage. When mitochondria are suspended in hypo-osmotic media, outer membranes lyse at sucrose gradients tenfold greater than liposomes or mitochondrial inner membrane vesicles of similar size, typically 20–30 mM (Douce et al., 1972; Li et al., 1986). This dramatic protection against osmotic stress directly accrues from the outer membrane being osmotically inactive, i.e., very permeable to small solutes. The chemiosmotic inner membrane is the mitochondrial osmometer. Swelling of the matrix caused by osmotic influx of water compresses the cristae before significant pressure is applied to the outer membrane by outward expansion of the inner membrane. In effect, unfolding the inner membrane absorbs significant osmotic stress and delays irreversible damage to the mitochondria. Equally important, this indirect rupture mechanism provides the cell the opportunity to regulate outer membrane lysis. Of course, this advantage hinges on the outer membrane first avoiding direct rupture by small osmotic fluctuations, i.e., the osmotic inactivity of the outer membrane protects it against rupture. The extreme passive permeability of the outer membrane to small solutes is due to a high surface density of open VDAC pores (Colombini, 1979; Mannella, 1982). Closure of VDAC, observed in vitro and inferred in some physiological states (e.g., Rostovtseva and Bezrukov, 2012) would decrease outer membrane permeability and increase likelihood of its rupture by small stresses in vivo. In fact, VDAC closure has been proposed as a deliberate tactic to induce outer membrane damage (and leakiness to cytochrome c) during programmed cell death because VDAC inhibitors, such as tubulin dimers and glutamate, are elevated early in apoptosis (reviewed in McCommis and Baines, 2012).

The permeability properties of VDAC isoforms are highly conserved across eukaryotes, and VDAC does not have an obvious direct ancestor among the bacterial porins, which come in numerous families with greater selectivity and lower permeability than VDAC (Bay et al., 2012; Colombini, 2012). The decision to use a single β-barrel protein at high surface density to control the permeability of the outer membrane (the host–endosymbiont interface) was an early event in eukaryotic evolution that likely coincided with internalizing the inner membrane.



Inner Membranes Adjust Volume by Membrane Fusion

Mitochondria exhibit significant reversible and coordinated changes in matrix (mat) and intracristal (cris) volumes over time frames of seconds to minutes. The prototypical example is the condensed-to-orthodox morphology change associated with respiratory state III–IV transitions (Hackenbrock, 1966). As mitochondria cycle between phosphorylating and non-phosphorylating states, internal volumes (V) reversibly adjust roughly fourfold (in liver mitochondria Vmat:Vcris flips from about 1:2 to 2:1).

The two predominant crista shapes in mitochondria are lamellar (lam) and tubular (tub), both connecting to the peripheral region of the inner membrane through junctions as described. Both types of cristae define discrete compartments with different ratios of surface area, S, to volume with (S/V)tub ∼ 0.2 nm2/nm3 > (S/V)lam ∼ 0.1 nm2/nm3 at mitochondrial dimensions. Planar lam cristae resemble flat bladders that, in principle, can increase volume up to sixfold by expansion (lowering S/V to ∼0.02 nm2/nm3).1 Note that expanding even a few individual lam cristae in a muscle mitochondrion to this extent would exceed the volume enclosed by the outer membrane and cause its rupture (as happens in insect flight muscle). In contrast, volume changes possible with tub cristae appear to be more limited. They generally retain the diameters of the junctions (20–40 nm), suggesting constraints on curvature, and length extension would require recruiting membrane from the periphery which would mix the contents of crista and peripheral membrane domains.

A mechanism has been proposed that would protect mitochondria against outer membrane lysis and inner-membrane domain mixing during crista swelling: fusion of tubular cristae to form larger cristae more adaptable to volume changes. Crista fusion was suggested by the first EM tomograms of mammalian mitochondria, which revealed complex cristae with tubular and lamellar regions (Mannella et al., 1997; Perkins et al., 1997). Larger cristae are more prevalent in condensed mitochondria; decreased matrix volume brings cristae into closer proximity, favoring fusion (Mannella et al., 2001). It is likely that crista fusion in response to matrix contraction is quite extensive. Condensed liver mitochondria have large dilated cristae with multiple (up to seven) junctions (Mannella et al., 1997) and condensed yeast mitochondria may have a single dilated internal cavity with much of the inner membrane pulled away from the outer membrane and no well-defined crista junctions or cristae (Mannella et al., 2001). When liver mitochondria are treated with tBID, a pro-apoptotic member of the BCL2 family, cristae fuse into an interconnected continuum that keeps the inner membrane apposed to the outer membrane (Scorrano et al., 2002), important for maintaining crista junctions (Renken et al., 2002; Harner et al., 2011). tBID remodeling involves reversing inner membrane curvature (condensed matrix enclosed by inverted crista tubes) and widening of crista junctions into slits. Another intracristal continuum, but with striking cubic symmetry, occurs in amoeba mitochondria upon starvation (Deng et al., 1999). These inner membrane remodelings involving curvature reversal are associated with changes in composition or organization of non-bilayer phospholipids: cardiolipins in the case of tBID (Epand et al., 2002) and plasmalogens in amoeba (Deng et al., 2009).



Crista Stabilization by ATP Synthase Dimers

Rows of membrane-bending ATP synthase dimers are observed by cryo-EM on highly curved edges of cristae in mitochondria from various organisms (Strauss et al., 2008; Davies et al., 2011). Likewise, ATP synthase forms dimer rows when inserted in liposomes and induce crista-like curvature in the membranes (Blum et al., 2019). ATP synthase of bacteria, which do not have cristae, do not form dimers, and ATP synthase yeast mutants that do not form dimers lack cristae (Paumard et al., 2002). Computer simulations suggest that assembly of the dimers into rows reduces the elastic energy of membrane deformation by a few kBT per dimer (Davies et al., 2012). The bending stiffness of liquid phase phospholipid membranes is estimated at ∼20 kBT (Picas et al., 2012), suggesting that rows of 10–20 ATP synthase dimers would significantly resist crista swelling. However, this stabilization energy is not sufficient to prevent large-scale cristae remodeling because moderate (mOsm) osmotic pressures can produce lateral tensions of 104–105 kBT per μm2 of membrane surface (Alam Shibly et al., 2016). Dimerization of mitochondrial ATP synthase does not affect the enzyme’s hydrolysis activity although it is unknown whether it influences rates of ATP synthesis separately from effects on crista structure (Hahn et al., 2016). Given its ubiquitous and highly conserved nature, the ability of ATP synthase to dimerize was likely a critical early step in the evolution of inner membrane folding.



Modulation of Crista Swelling by Junctions

Crista junctions control not only solute diffusion but also water influx and efflux, suggesting that structural variations would modulate the effects of osmotic fluctuations on crista swelling. Changes in junction shape are predictable from membrane mechanics, assuming the junctions are flexible structures (Renken et al., 2002). Matrix swelling increases lateral tension in the inner membrane, favoring smaller, circular junctions. Conversely, matrix contraction relaxes membrane tension, producing junctions with wider openings. This should reduce large-scale dilation of cristae by accelerating efflux of water received from the matrix. Yet swollen cristae are commonly observed in mitochondria and, as noted, can cause outer membrane rupture. Large-scale swelling of cristae implies that the size and shape of the junctions are not governed exclusively by lipid membrane mechanics. One or more of the proteins that generate the junctions are likely also structural/regulatory components. OPA1/Mgm1, in particular, appears to act as a gate or tether that maintains “tight” junctions and may even seal off cristae under certain conditions (Frezza et al., 2006). This may explain the recent observation that cristae inside a single mitochondrion are functionally independent (sealed off) based on variations in membrane potential (Wolf et al., 2019). The molecular structure of Mgm1 has been determined and provides a basis for explaining changes in crista junction curvature as a function of oligomerization of the protein (Faelber et al., 2019; Yan et al., 2020).



DISCUSSION

Internalizing the chemiosmotic membrane made possible our energetically pricey eukaryotic lifestyle (Lane, 2015). Undoubtedly, mechanisms have evolved to match inner membrane topology to the needs of the cell. Pathways have been discovered or theorized to link remodeling to apoptotic signaling (Scorrano et al., 2002; Germain et al., 2005; Cogliati et al., 2016), inner membrane electrochemical potential (Chvanov, 2006; Khalifat et al., 2008), metabolism (Patten et al., 2014; Dlaskova et al., 2019), redox signaling (Plecita-Hlavata and Jezek, 2016), and synapse activity (Cserep et al., 2018). Unraveling these remodeling networks will provide a more complete understanding of the regulation of fundamental cellular processes. In parallel, greater knowledge is needed at the molecular level of the interplay between the lipids and proteins that generate and comprise the crista junctions. The structure of one of these proteins is known, OPA1, named for the neurological disease caused by its mutation, dominant optic atrophy (Alexander et al., 2000). PINK1, mutated in Parkinson’s disease, interacts with the MICOS complex and regulates the size and number of crista junctions in neuronal mitochondria (Tsai et al., 2018). Undoubtedly, ultimate understanding of the machinery evolved to regulate inner membrane folding also will shed light on the pathogenesis of diseases with mitochondrial involvement.
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FOOTNOTES

1 A lamellar crista made of two flat parallel membrane surfaces 400 nm × 400 nm separated by 20 nm has a surface area of 3.5 × 105 nm2 and a volume of 3.2 × 106 nm3. If morphed into a sphere, the new crista encloses a volume of 2.0 × 107 nm3, a sixfold increase. Fourteen tubular cristae each 20 nm in diameter and 400 nm long have a combined surface area of 3.6 × 105 nm2 (slightly more than the lamellar crista) and enclose a total volume of 1.8 × 106 nm3 (a little over half that of the single lamellar crista). If morphed into 14 spheres, the total enclosed volume is 5.5 × 106 nm3, only a threefold increase over the tubes and 3.6-fold smaller than the single expanded lamellar crista.
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High mitochondrial DNA (mtDNA) copy numbers are essential for oogenesis and embryogenesis and correlate with fertility of oocytes and viability of embryos. To understand the pathology and mechanisms associated with low mtDNA copy numbers, we knocked down mitochondrial transcription factor A (tfam), a regulator of mtDNA replication, during early zebrafish development. Reduction of tfam using a splice-modifying morpholino (MO) resulted in a 42 ± 17% decrease in mtDNA copy number in embryos at 4 days post fertilization. Morphant embryos displayed abnormal development of the eye, brain, heart, and muscle, as well as a 50 ± 22% decrease in ATP production. Transcriptome analysis revealed a decrease in protein-encoding transcripts from the heavy strand of the mtDNA, and down-regulation of genes involved in haem production and the metabolism of metabolites, which appear to trigger increased rRNA and tRNA synthesis in the nucleoli. However, this stress or compensatory response appears to fall short as pathology emerges and expression of genes related to eye development are severely down-regulated. Taken together, this study highlights the importance of sufficient mtDNA copies for early zebrafish development. Zebrafish is an excellent model to manipulate the mtDNA bottleneck and study its effect on embryogenesis rapidly and in large numbers of offspring.
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INTRODUCTION

Mitochondria are responsible for producing the majority of cellular energy in the form of ATP. Depending on the tissue type and energy requirement, a cell can contain up to thousands of mitochondria, each having multiple copies of mitochondrial DNA (mtDNA). Of all cell-types, mtDNA copy numbers are the highest in oocytes, ranging between 100,000 and 400,000 copies in mammals, such as rodents, cows and humans, and up to 16.5 million copies in zebrafish (Otten and Smeets, 2015). The high mtDNA copy number in oocytes is established by an initial reduction during embryogenesis, called the mitochondrial bottleneck, followed by clonal expansion of the mtDNA during oogenesis appears to be important for successful fertilization and embryogenesis (Santos et al., 2006). In mice, the oocyte mtDNA copy number should be sufficient for normal development until implantation at day 4, and it has been demonstrated that oocytes with less than 50,000 mtDNA copies fail to resume development after implantation (Ebert et al., 1988; Wai et al., 2010). This negative correlation between mtDNA copy number and developmental competence of embryos has also been suggested for human oocytes (Yamamoto et al., 2010).

Mitochondrial transcription factor A (TFAM), a protein of the high mobility group box-family, is a key activator of mtDNA replication and transcription (Parisi et al., 1993) and is crucial for the regulation of mtDNA copy number (Larsson et al., 1998). A direct relation between the mtDNA copy number and the total TFAM protein level has been demonstrated in mice embryos with a heterozygous or homozygous disruption of the Tfam gene (Ekstrand et al., 2004). Homozygous TFAM knockout (KO) mouse embryos displayed a strong mtDNA depletion with severely reduced functioning of the electron transport chain (ETC) and died after gastrulation and implantation, while heterozygous KO TFAM mice had moderately reduced mtDNA levels and respiratory chain deficiency, which was strongest in the developing heart (Larsson et al., 1998). These studies demonstrated the importance of a sufficient mtDNA copy number during oogenesis and embryogenesis, but the mechanism by which a reduced mtDNA copy number affects embryogenesis is currently unknown.

Studying embryonic development in zebrafish overcomes ethical and practical obstacles associated with the use of human or mouse embryos. Zebrafish are vertebrates, >70% of human genes have at least one zebrafish orthologue, and the major tissues and organs are the same. Zebrafish are transparent during early development and have a high number of offspring. Organs develop within 5 days post fertilization and gene knockdown during early embryogenesis can be performed by injection of morpholino antisense oligonucleotides (MOs) (Pauli et al., 2015). Previously, we showed that the mitochondrial bottleneck during early development is highly conserved between zebrafish and mammals (Otten et al., 2016). In addition, the zebrafish Tfam protein is functionally homologous to its human counterpart and is expressed ubiquitously from the earliest stages of development (Artuso et al., 2012). In this study, we performed tfam knockdown during zebrafish embryogenesis in order to reduce the mtDNA copy number during early development. In this way, we created an animal model with a tuneable mtDNA bottleneck, which allows us to assess the effect of differences in mtDNA copy number on OXPHOS function and embryonic development and to determine the underlying mechanisms.



MATERIALS AND METHODS


Zebrafish Maintenance and Procedures

Zebrafish (Danio rerio) were housed and raised in the zebrafish facility of the University of Liège as described before (Larbuisson et al., 2013). To retrieve eggs, wild-type adult male and female zebrafish were separated within the same breeding tank by a plastic divider the day before breeding. This separation was removed the next day after the light was turned on in order to allow natural mating and eggs were collected after spawning. Eggs were collected in Petri dishes containing 1× E3 medium for zebrafish at 28°C (580 mg/l NaCl, 27 mg/l KCl, 97 mg/l CaCl2⋅2H2O, 163 mg/l MgCl2⋅6H2O and 0.0001% methylene blue (Sigma-Aldrich), pH 7.2) (Larbuisson et al., 2013). Embryos were microscopically staged according to the embryonic development as described before (Kimmel et al., 1995). Unless stated otherwise, all reagents used in this study were obtained from Thermo Fisher Scientific.



Tfam Knockdown Experiments

Antisense morpholino oligonucleotides (MO) were purchased from Gene Tools and micro-injected into one or two-cell stage embryos. A splice modifying MO was used, targeting the boundary of exon 2 and intron 2–3 of the zebrafish tfam gene (Ensemble: ENSDART00000092009, tfam splice-MO: 5′-CGGCAGATGGAAATTTACCAGGATT-3 ′). For controlling the effect of the MO injection, an equal concentration of a standard control-morpholino (Ctrl-MO: 5′-CCTCTTACCTCAGTTACAATTTATA-3′) was used in separate embryos of the same batch during each experiment. All MOs were dissolved in 1× Danieau buffer (58 mM NaCl, 0.7 mM KCl, 0.4 mM MgSO4, 0.6 mM Ca(NO3)2, and 5.0 mM HEPES pH 7.6) and 0.5% rhodamine dextran (Thermo Fisher) was added to the MO solution upon injection. At 1 hpf, 1 nl was injected into each embryo using microinjection (Bill et al., 2009). The next day, distribution of the rhodamine dextran dye was checked using fluorescence stereomicroscopy to verify proper injections. Only those embryos in which the rhodamine dextran dye was visible were used for follow-up investigations.



Quantitative and Qualitative Analysis of Tfam RNA

Total RNA of 2–4 dpf zebrafish embryos was extracted using Trizol reagent and purified using the RNeasy Mini Kit (Qiagen), according to manufacturer’s instructions. cDNA synthesis was performed with 500 ng RNA in the presence of first strand buffer, 0.75 μg oligo-dT, 0.75 μg random hexamer-primer, 50 nmol dNTPs (GE Healthcare Life Sciences), 1 U RNAse inhibitor (RNAsin, Promega) and 5 U reverse transcriptase for 60′ at 42°C, followed by 5′ at 95°C. The effect on tfam splicing was assessed using RT-PCR amplification of 25 ng cDNA in a PCR mix contained under standard conditions, using 0.6 μM forward primer, 0.6 μM reverse primer (Supplementary Table S1). PCR conditions were 5′ denaturation at 94°C, 35 cycles of 1′ at 94°C, 1′ at 58°C and 1,5′ at 72°C, followed by 7′ at 72°C. The PCR product was sequenced by conventional Sanger sequencing. tfam gene expression was quantified by comparing the RNA expression ratio of Tfam RNA to 18S RNA. Per reaction, 2.5 ng cDNA was amplified in a 10 μl reaction containing 1× Sensimix Sybr Hi-Rox reagents (Bioline) and 375 nM of both forward and reverse primer (Supplementary Table S1). Real-time PCR was performed on an ABI7900HT using the following settings: 10′ 95°C, 40 cycles of 15” 95°C and 1′ 60°C. The statistical analysis was performed by a Student’s t-test. p-values < 0.05 were considered significant.



Quantification of mtDNA Copy Number

To determine mtDNA copy number, embryos were individually collected in sterile tubes and directly frozen without water. For DNA isolation, embryos were thawed and lysed for 4 h at 55°C in lysis buffer containing 75 mM NaCl, 50 mM EDTA, 20 mM HEPES, 0.4% SDS and 200 μg proteinase K (Sigma) while vortexing repeatedly. DNA precipitation was performed overnight at −20°C after adding 420 μl isopropanol. Following centrifugation, the DNA pellet was washed with 70% ethanol and dissolved in Tris-EDTA buffer. The relative mtDNA abundance was quantified by measuring the steady-state amount of mitochondrial ND1 and nuclear B2M. Per reaction, 20 ng DNA was used in a 10 μl reaction containing 1× Sensimix Sybr Hi-Rox reagents (Bioline) and 375 nM of both forward and reverse primer (Supplementary Table S1). Real-time quantification was performed on an ABI7900HT as described before. Statistical analysis was carried out using one-way analysis of variance (ANOVA) followed by the Bonferroni multiple comparisons test. P-values < 0.05 were considered significant.



Imaging of Zebrafish Embryos

Zebrafish embryos were fixed at 4°C with paraformaldehyde for 4 h and standard paraffin serial sections of 4 μm thickness were prepared for immunostaining and hematoxylin-eosin (HE)-staining. Immunohistochemistry was performed following a microwave heat-induced antigen retrieval step for four times 5′ at 650 Watt (in Tris-EDTA, pH = 9.0) and was analyzed with the Dako REALTM EnVisionTM Detection System, Peroxidase/DAB, Rabbit/Mouse, using a Dako automated immunostaining instrument and protocols according to the manufacturer (Agilent, Santa Clara). Antibodies and conditions used are listed in Supplementary Table S1. HE-staining was performed to reveal the underlying embryonic structures. Paraffin slides were embedded in Entellan (Merck) and protected by cover slips (Knittel Glass). Microscopic images were taken by using the Nikon Eclipse E80 Imaging System (Nikon) at different magnifications. The orientation of fish was determined according to the Zebrafish Bio-Atlas1 (Cheng, 2004, 8 August).



Oxygen Consumption Rate

At 4 dpf, chorion-free living fish embryos with a heartbeat and active swimming behavior upon touching were selected and collected individually. The oxygen consumption rate (OCR) (pmol/minute) was measured every minute for 15 min in a Seahorse XF24 system (Agilent/Seahorse Biosciences), according to the islet protocol of the manufacturer with 2 fish per well of a 24-well plate. Five minutes after starting the assay, 80 μM of Oligomycin (Sigma-Aldrich) was added and 60 μM for Antimycin & Rotenone (Sigma-Aldrich) in the injecting assay medium (1× E3 medium) was added 10 min after start. The OCR level at basal respiration (pmol/min) was calculated using the OCR values at the start respiration level (time-point 5 min) minus antimycin/rotenone (AMA) level at time-point 10 min. Maximal ATP production (pmol/min) was determined as start respiration level minus oligomycin (OMY) level at time-point 15 min. The statistical analysis was performed by a Student’s t-test. p-values < 0.05 were considered significant.



Gene Expression and Pathway Analysis

For gene expression studies, tfam splice-MO and control-MO injected embryos and non-injected control embryos at 4 dpf, were individually collected in sterile tubes. Selection criteria were the same as for the OCR measurements. RNA from single embryos was isolated using the MagMax-96 for microarray kit (Ambion) and 200 ng RNA was labeled (Cyanine 3-CTP and Cyanine 5-CTP), fragmented and hybridized using the Low Input Quick Amp Labeling Kit, Two-colour (Ambion), according to manufacturer’s instructions. After labeling, amplified cRNA samples were purified using the RNeasy Mini kit (Qiagen) and Cyanine 3 and Cyanine 5 dye concentration, RNA absorbance ratio (260/280 nm) and cRNA concentration were quantified using the nanodrop 2000C (Thermo Fisher Scientific). Only samples with a yield > 0.825 μg and a specific dye activity >6.0 pmol/μg were used for fragmentation and hybridization. For fragmentation, 825 ng labeled cRNA was used and the final volume was adjusted to 41.8 μl with RNAse-free water, followed by the hybridization procedure, as described by the manufacturer (Ambion). Dye-swap hybridizations (2+2) were performed on microarray slides (4×44K zebrafish V3, Agilent) using gasket slides and a hybridization chamber and incubated for 17 h at 65°C and 10 rpm in the hybridization oven (Agilent Technologies). Slides were washed with Triton X-102, freshly added to the Wash Buffers. Microarray slides were scanned using a DNA Microarray scanner with Surescan High-Resolution Technology (Model 2565CA, Agilent). All microarray data is deposited in the GEO database, accession GSE146696.

The arrays contained 45,220 probes. Each probe identifier was transformed to Ensembl gene IDs (ENSDARG). This resulted in 36,156 probes containing a non-empty transcript ID of which 19,459 were unique transcripts and kept for the analysis. All transcripts were analyzed using a multivariate Gaussian linear regression MVN(μ, Σ) where μ is the mean, Σ is the covariance matrix [image: image] is the variance, and δ is both the extra component of variance across subjects and the common covariance among responses on the same subject) including slide differences (Slide), dye swap (Dye), background level (Bg), injection (Inj), and a random effect. The inference criterion used for comparing the models is their ability to predict the observed data, i.e., models are compared directly through their minimized minus log-likelihood. When the numbers of parameters in models differ, they are penalized by adding the number of estimated parameters, a form of the Akaike information criterion (Akaike, 1973). For each transcript, a model containing the relevant covariates mentioned above (E(y) = Slide + Dye + Bg + Inj) was fitted in order to obtain a reference AIC. Then a model containing the treatment group (Trt) was fitted (E(y) = Slide + Dye + Bg + Inj + Inj:Trt). The transcript under consideration was found to be differentially expressed if the AIC of this second model decreased compared to the model not containing the treatment. These statistical analysis were performed using the freely available program R (Ihaka, 1996) and the publicly available libraries “rmutil” and “growth” (Lindsey, 1999). An unbiased Gene-ontology analysis and visualization of microarray data on biological pathways was performed using PANTHER (Protein Analysis THrough Evolutionary Relationships) with the D. rerio (Dr_Derby_Ensembl_80) gene product/protein database (Thomas et al., 2003; Mi et al., 2017). Differentially expressed genes (DEGs) were mapped to unique Entrez Gene IDs and to Gene Ontology (GO) classes, using the PANTHER Overrepresentation Test (Released 2018-02-03) enrichment method of PANTHER version 13.1.



RESULTS


Tfam Knockdown Results in Decreased mtDNA Content and Mitochondrial ATP Production

To establish decreased mtDNA copy number, we microinjected an antisense splice-MO targeting tfam-mRNA in zebrafish embryos. Using RT-PCR and Sanger sequencing of cDNA from tfam splice-MO-injected 4 dpf embryos (n = 6/group), we showed that the tfam splice-MO causes a 128 base-pair deletion of exon 2 (c.84_211del), predicted to cause a frameshift and a premature stop codon (p.(Cys29Hisfs∗36)) (Figure 1A and Supplementary Figure S1). Quantitative PCR analysis of tfam exon 5 and exon 6–7 showed, respectively, 59 ± 2% and 60 ± 5% decrease in expression in tfam splice-MO injected embryos at day 4 (mean ± SD, n = 6/group). qPCR analysis of tfam exon 2 expression showed a reduction of 80 ± 3% at day 4 in zebrafish (n = 6/group) injected with 2 ng tfam splice-MO compared to the Ctrl-MO (Supplementary Figure S2). This indicates that ∼60% of tfam RNA is subjected to nonsense-mediated decay and that of the residual ∼40% tfam RNA, only half is exon 2-containing wild-type RNA (only 20% of normal tfam amount). Next, we assessed the mtDNA copy number in non-injected, Ctrl-MO injected and tfam splice-MO injected embryos (n = 20 in each 2 ng group, and n = 16 in each 4 ng group). At 4 dpf, a significant, 42 ± 17% (mean ± SD) decrease in the mtDNA copy number was observed in embryos injected with either 2 ng or 4 ng tfam splice-MO (Figure 1B). In contrast, no significant differences in mtDNA copy number were apparent between groups at 2 dpf (Supplementary Figure S3). To assess if decreased mtDNA copy number also affected mitochondrial capacity, we measured the OCR at 4 dpf. As shown in Figure 1C, both the OCR of the basal respiration and the ATP production were significantly decreased in the 2 ng tfam splice-MO treated zebrafish (n = 10) compared with the 2 ng control-MO treated group (n = 9) (p < 0.05) by respectively, 40 ± 25 and 50 ± 22% (mean ± SD).


[image: image]

FIGURE 1. Knockdown of TFAM in zebrafish embryos. Zebrafish embryos injected with indicated amount of either Control-morpholino (Ctrl-MO) or tfam splice-morpholino tfam splice-MO at 1 hpf and analyzed at 4 dpf. (A) tfam splice-morpholino (MO) at the 3′ splice site of exon 2 causes deletion of exon 2, which predicts a frame-shift and premature stop codon (p.(Cys29Hisfs*36)) (figure is not on scale). (B) The relative copy number assessed by mitochondrial ND1/nuclear B2M ratio. Data are normalized to the NIC embryos (n = 7). Bars indicate mean values with SD, n = 20 per 2 ng injected condition and n = 16 per 4 ng injected condition. P-values are calculated using ANOVA followed by Bonferroni’s Multiple Comparison Test to assess copy number, *P-value < 0.05, **P-value < 0.01. (C) The oxygen consumption rate (OCR) measured by Seahorse XF24 in order to assess basal respiration and maximal ATP production capacity at 4 dpf using 2 ng MO. The statistical analysis was performed by using a student t-test (P < 0.05), n = 10 per tfam splice-MO condition and n = 9 per Ctrl-MO condition.




Decreased mtDNA Copy Number Causes Brain, Eye, Heart, and Muscle Abnormalities

At 4 dpf, morphant embryos displayed morphological abnormalities compared to control embryos. The macroscopic phenotype included overall oedema, curved tails, necrotized yolk sacs and small eyes (Supplementary Figure S4). Fish injected with 4 ng tfam splice-MO were more severely affected than 2 ng tfam splice-MO (n = 100 injected per condition), as they had a higher count for oedema, curved tails, necrotized yolk sac, small eyes, and developmental delay. The percentage of dead embryos was <1% when injecting 2 or 4 ng of tfam MO-injections at 4 dpf (Supplementary Figure S4). In contrast, injection of 6 ng of tfam splice-MO showed >70% of embryonic lethality due to severe developmental complications. Macroscopic inspection of tfam splice-MO injected embryos showed that all observed pathologies manifested at 3 or 4 dpf, whereas development was apparently normal at 2 dpf. These morphological changes parallel the decrease in mtDNA copy number that is observed at 4 dpf, but not at 2 dpf (Figure 1B and Supplementary Figure S3). Since the decrease in mtDNA content was comparable with 4 ng tfam splice-MO, the dosage of 2 ng tfam splice-MO was used in all following experiments, reducing the risk of non-specific observations.

Microscopic evaluation of zebrafish (n = 13 per condition) with reduced mtDNA copy number using 2 ng tfam splice-MO showed impaired development compared to control embryos (Figure 2). Brain size was decreased with no or less well-developed cerebellum (Figure 2B), and the eyes were smaller and the different layers were less-well organized compared to controls (Figure 2D). Also, the organization of the myotomic area was less compact with the skeletal muscle fibres being thinner and disorganized (Figure 2F). Finally, morphant fish displayed marked pericardial oedema, alongside with a dilated non-looped heart (Figure 2H).
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FIGURE 2. Microscopy of zebrafish embryos following TFAM knockdown. (A–H) Microscopic analysis following serial HE-staining of zebrafish embryos at 4 dpf, which were injected at 1 hpf with either 2 ng tfam splice-MO (B–E) or 2 ng Ctrl-MO, (A,C,E,G) n = 13 each condition. (B) The cerebellum was missing in the phenotype or a delayed development of this cerebellum in these fish. (D) The eyes were smaller and the eye layers were less developed. (F) A muscle phenotype was clearly visible in the dorsal fin, especially in the myotomic area, which was less compact in these somatic muscles. (H) The fish displayed a marked pericardial oedema (red arrow). They did not develop a normally looped heart as in Ctrl-MO (G), but the hearts were dilated in the phenotypes (H).




Genes and Pathways Altered by Tfam Knockdown

To characterize the underlying pathogenic processes due to tfam knockdown and subsequent decrease in mtDNA copy number, we compared global gene expression profiles at 4 dpf of zebrafish injected with 2 ng of either tfam splice-MO (n = 12) or Ctrl-MO (n = 12). A group of non-injected control zebrafish was also included (n = 9) to control for the injection effect in the microarray analysis and allow identification of transcripts altered in the tfam splice-MO zebrafish compared with the Ctrl-MO zebrafish. A total of 19,459 transcripts were present on the array (Supplementary Table S2), of which 16,631 (85.5%) had a signal intensity higher than twice the background signal in both conditions or a signal that was at least three times higher than the background signal in either the group of tfam splice-MO zebrafish or the group of Ctrl-MO zebrafish. Of these, 3,158 transcripts (19.3%) were differentially expressed between the two groups with a fold change (FC) >50%. Expression of 2,063 transcripts (64.3%) was increased (FC ≥ 1.50), while expression of 1,145 transcripts (35.7%) was decreased in the tfam splice-MO injected embryos (FC ≤ 0.67). In order to identify significantly altered pathways by using gene ontology analysis, Protein ANalysis THrough Evolutionary Relationships (PANTHER) was used. The microarray contained 19,459 transcripts, of which 17,395 could be annotated (89.4%) and were included in the PANTHER analysis. A total of 18 significantly enriched GO biological processes (FDR < 0.05) were identified and these were manually grouped into five groups including the underlying GO terms, namely: tRNA processing, ribosome biogenesis, RNA surveillance and catabolism, drug metabolism, and visual perception (Table 1 and Supplementary Table S4). As the RNA-related processes differ for nuclear and mtDNA genes and for that reason should not be considered as one group, we also listed the mitochondria-related processes, characterized by mitochondria-related GO terms (Table 2 and Supplementary Table S5). Most of the mitochondria related GO terms were small, comprising less than 50 measured genes, but sufficient number of genes were interrogated to conclude that these processes were not significantly enriched by the mtDNA reduction. However, as expression of mtDNA encoded proteins, which is regulated by TFAM, was not covered in a GO term, we checked the expression of the 8 mtDNA protein encoding genes manually. The 8 mtDNA proteins encoding transcripts of the H-strand were significantly decreased, whereas the single L-strand transcript was unaltered (Supplementary Table S3). The remainder four protein encoding transcripts of the H-strand were not present on the array (atp6, atp8, cox 3, and cytb).


TABLE 1. Significantly altered GO biological process terms.
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TABLE 2. Mitochondria-related GO biological processes.
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DISCUSSION

A high mtDNA copy number is critical for normal embryonic development. A key regulator of the mtDNA copy number is TFAM, as TFAM initiates mtDNA replication by its capability to wrap, bend and unwind the mtDNA (Ekstrand et al., 2004), a function conserved in zebrafish (Howe et al., 2013). In order to study the effect of a decreased mtDNA copy number during zebrafish embryonic development, we performed tfam knock-down using a splice-morpholino (MO). We demonstrated that the tfam splice-MO induced skipping of exon 2, leading to a frameshift and a premature stop codon (p.(Cys29Hisfs∗36)) (Figure 1A) and to nonsense mediated decay. RNA expression of normal tfam is reduced to 20% of control values. At 3 and 4 dpf, morphant zebrafish have a decreased mtDNA copy number and are less well developed. This correlates with the previous observations that in wild-type zebrafish larvae an increase in mtDNA copy number only becomes apparent between 2 and 3 dpf (Otten et al., 2016) indicating that, in the absence of mtDNA replication, mtDNA copy number and OXPHOS capacity becomes critically low at 3–4 dpf, as an increase is required for embryonic tissue differentiation and organogenesis. This is a critical phase of development, when there is a high energy demand and a metabolic switch from glycolysis to OXPHOS takes place (Hance et al., 2005; Stackley et al., 2011). This necessity is illustrated by the aberrant eye and muscle development, pericardial oedema and reduced brain size that were observed in morphant zebrafish (Figure 2). The heart and the brain are the first organs to develop (Glickman and Yelon, 2002) and therefore the first to be affected by OXPHOS defects. Moreover, as in a normal heart >30% of the cardiac muscle volume is occupied by mitochondria, the deficit of mtDNA (and subsequently mitochondria) also hampers proper alignment of the muscle fibers in the developing heart, creating structural problems as well (Ventura-Clapier et al., 2011). In homozygous Tfam KO mice, OXPHOS was abolished due to a severe mtDNA depletion, causing a complete failure of organogenesis and embryonic death (Larsson et al., 1998). Heterozygous KO mice were viable, but showed an OXPHOS deficiency in the developing heart and a dilated cardiomyopathy and conduction block later in life (Larsson et al., 1998; Powell et al., 2015). The severity of our model seems to fit somewhere in between, as wild-type tfam levels are around 20% of control level at the day of analysis. Noticeably, MOs establish only a transient knockdown, which is not the case for a homozygous or heterozygous knockout of the gene, prohibiting a proper comparison later in life.

In order to unravel the biological processes that were altered, we performed global gene expression profiling and subsequent gene ontology (GO) analysis (Table 1 and Figure 3). Despite the observed reduction in OXPHOS function, the gene ontology term comprising mitochondrial respiratory chain components was not significantly changed, neither were critical mitochondrial processes (Table 2). However, gene expression was decreased of 8 out of the 9 mtDNA protein encoding transcripts, all encoded by the H-strand, whereas the one transcript on the L-strand was unaltered. This most likely this reflects a switch or preferable transcription from the Light-Strand Promoter (LSP) that is induced by low amounts of tfam and which also primes H-strand replication (Shutt et al., 2011), but which in our case fails to increase mtDNA copy number due to the persisting lack of tfam.
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FIGURE 3. Schematic overview of alterations in tfam splice-MO zebrafish at 4dpf. The arrow indicates if a process is upregulated (green) or down-regulated (red). Altered gene expression processes and genes are shown in italic. The mitochondrial DNA figure is adapted from Amorim et al. (2019).


The GO term drug catabolism was significantly changed, comprising several downregulated genes linked to mitochondrial function, including embryonic hemoglobin production. As haem is produced by mitochondria (Wagener et al., 2003), this could be explained by the decreased amount of mtDNA and subsequently mitochondria at the onset of definitive haematopoiesis, initiating between 1 to 2 dpf (Murayama et al., 2006; Bertrand et al., 2007; Zhang and Rodaway, 2007; Zhang and Hamza, 2018). Obviously, deficiencies in haematopoiesis during development might have downstream effects as well. Other mitochondria-related genes of this GO term were decreased, such as oxct1a, oxct1b, members of cyp450 family 2 and gpx1a, which are related to the metabolism of fatty acids and ketone bodies, exogenous drug catabolism and hydrogen peroxide degradation in the mitochondria. The decrease in mtDNA copy number and subsequent mitochondrial dysfunction appears to result in enrichment of GO terms related to rRNA synthesis, ncRNA processing, and ribosomal assembly (Table 1), and the vast majority of genes in these GO terms were upregulated (Supplementary Table S4). In addition, the GO term tRNA processing was also significantly enriched. In general, expression of genes belonging to these GO terms is increased, including a number of genes that are linked to mitochondrial function, like mto1 (1.64), trmt10c (1.55), and elac2 (1.61) (Haack et al., 2013; Metodiev et al., 2016; Fakruddin et al., 2018). Increased tRNA synthesis was also observed by Torrent et al. (2018) upon applying diverse stress conditions to Saccharomyces cerevisiae, demonstrating the regulation of tRNA abundance upon cellular stress. However, future research is needed to identify if the observed activation nucleolar processes is caused by mitochondrial stress or is a reaction to compensate for the reduction in mitochondrial transcripts. The resulting disbalance between mitochondrial transcripts and proteins, and nuclear encoded proteins that migrate into the mitochondria might be a factors as well. Also, gene expression of 8 out of 9 exosome components, belonging to GO term ribosomal biogenesis, were significantly upregulated in tfam splice-MO zebrafish. Like increased rRNA and tRNA expression, upregulation of the exosome components seems to be a compensatory or stress-induced mechanism, as exosomes contain and shuttle mRNA, and are important in intercellular communication and developmental patterning (Wan et al., 2012; Boczonadi et al., 2014; McGough and Vincent, 2016). Future assessment of the zebrafish exosome composition is needed to provide further insight into this novel mechanism by which decreased mtDNA copy number affects exosome signalling and composition.

Since clear morphological abnormalities were apparent in tfam splice-MO zebrafish at 4 dpf (Figure 2), the nucleolar activation upon mitochondrial deficiency was obviously insufficient to compensate. At gene expression level in tfam splice-MO zebrafish at 4 dpf, GO terms related to vision and sensitivity to light were significantly changed. Retinal development is critical between 32 and 74 hpf and normally largely completed at 4 dpf (Richardson et al., 2017). This window coincides with the decrease in mtDNA copy number in tfam splice-MO zebrafish, explaining the down-regulation observed. These extremely down-regulated eye genes are mainly involved in processes related to response to light stimulus (Supplementary Table S4), like pde6c (0.05) and gnat2 (0.09). Zebrafish mutants of these genes respectively cause retinal and retinal pigment epithelial disease and cone-rod dystrophy (Brockerhoff et al., 2003; Richardson et al., 2017). Additional down-regulated opsins genes related to the photoreceptor function are listed in our zebrafish data (Supplementary Table S4). The lack of significant changes in pathways linked to cardiac, muscle or brain development, suggests that although pathology clearly manifested, we are still observing the processes preceding the pathology and not those resulting from it in the pathway analysis. In addition to defective eye development, a number of temporally expressed developmental genes are downregulated in tfam splice-MO zebrafish at 4 dpf, such as chitinase (Chia) 1, 2, 3 and 4. Expression of chia.1, chia.2 and chia.3, which belong to the GO term drug metabolism, normally drastically increases at 4 and 5 dpf, while chia.4 is more stably expressed. Chitinases are suggested to play a role in early embryo immunity and chitinase inhibition has been shown to cause development disruption in zebrafish, characterized by hampered trunk and tail formation (Semino and Allende, 2000).

In conclusion, inhibition of tfam expression during early zebrafish development leads to a decrease in mtDNA copy number, OXPHOS capacity, and mtDNA encoded transcripts and haem production, affecting the oxygen supply in the developing embryo. This triggers a compensation mechanism or stress response in the nucleoli at the level of rRNA and tRNA biogenesis and translation initiation, but this compensation mechanism falls short, as pathology emerges (Figure 3). The results of this study in zebrafish are comparable to other animal models, thereby validating our model, but they also take it a step further due to the clear advantages of the zebrafish model, being a high number of offspring, a rapid development and an optical clarity during development combined with easy genetic interventions. Being able to tune the mtDNA content, we can now manipulate the mtDNA bottleneck and study in sufficient numbers the effects on processes, like organogenesis, fertility and mtDNA mutation rate.
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Cyclophilin D (CypD) is a mitochondrial peptidyl-prolyl cis-trans isomerase, well-known for regulating the mitochondrial permeability transition pore (PTP), a nonspecific large conductance pore whose opening leads to cell death and has been implicated in ischemia/reperfusion injury in multiple organs, in neurodegenerative disorders, and in muscular dystrophies. While the main target of CypD is a matter of ongoing research, inhibiting CypD protects in models of those diseases making it an interesting therapeutic target. The present review focuses on post-translational modifications of CypD that have been identified by recent studies, which can alter the regulation of the PTP and contribute to understanding the mechanisms of action of CypD.
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INTRODUCTION

Cyclophilin D (CypD) is a highly conserved peptidyl-prolyl cis-trans isomerase (PPIase) that plays an important role in mitochondrial biology. It is encoded by the genomic Ppif gene and contains a mitochondrial targeting sequence which is cleaved upon entering the mitochondrial matrix, reducing its size from 22 to 19 kDa. It was named, like all cyclophilins, after its ability to bind the drug cyclosporine A (CsA) (Walsh et al., 1992). Cyclophilins, a family with more than 15 members, have been shown to act as chaperones accelerating protein folding and maturation, as well as playing a critical role in signal transduction and the immune response. Although the physiological role of CypD remains elusive, CypD has been shown to be a sensitizer of the permeability transition pore (PTP), a nonspecific large conductance pore whose opening leads to dissipation of the inner mitochondrial membrane (IMM) potential, loss of ATP production, and eventually cell death (Bauer and Murphy, 2020). The PTP has been implicated in ischemia/reperfusion (I/R) injury in the heart (Lim et al., 2011; Bibli et al., 2019), brain (Uchino et al., 2002; Schinzel et al., 2005), and kidney (Park et al., 2011; Yang et al., 2019), in neurodegenerative disorders (Warne et al., 2016), and in muscular dystrophies (Pato et al., 1983; Dubinin et al., 2020). CypD has been reported to interact with the F1F0-ATP synthase (Giorgio et al., 2009; Bonora et al., 2017), the phosphate carrier (PiC) (Leung et al., 2008), and the adenine nucleotide translocator (ANT) (Kokoszka et al., 2004; Karch et al., 2019), all of which have been proposed as potential components of the PTP. While irreversible opening of the PTP is associated with cell death, short transient openings may have a role in modulating matrix calcium (Petronilli et al., 1999; Bernardi and von Stockum, 2012; Lu et al., 2016; Agarwal et al., 2017), which in turn can regulate mitochondrial bioenergetics (Elrod et al., 2010; Glancy and Balaban, 2012; Tarasov et al., 2012). Thus, CypD as a sensitizer of the PTP may affect mitochondrial bioenergetics, and this may provide insight into its physiological function. Interestingly, the ATP synthase can oligomerize with ANT and PiC to form a synthasome to increase the efficiency of ATP production and its translocation to the cytosol, and CypD has been reported to regulate its assembly (Beutner et al., 2017). The initial studies to elucidate the role of CypD involved inhibition, deletion, and overexpression of its encoding gene (Baines et al., 2005; Nakagawa et al., 2005; Devalaraja-Narashimha et al., 2009; Elrod et al., 2010; Menazza et al., 2013). Recent work revealed CypD can undergo many different post-translational modifications (Linard et al., 2009; Hafner et al., 2010; Kohr et al., 2011b; Nguyen et al., 2011; Sanchez et al., 2011; Bochaton et al., 2015; Parks et al., 2018; Amanakis et al., 2020), including oxidation, S-nitrosylation, S-palmitoylation, S-glutathionylation, phosphorylation, and acetylation. The present review will focus on CypD as an integrator of mitochondrial physiology and pathophysiology through its post-translational modifications (Figures 1, 2).
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FIGURE 1. Post-translational modifications of cyclophilin D (CypD) that affect the permeability transition pore (PTP). Modifications that sensitize the PTP are depicted in orange. Modifications that desensitize the PTP are depicted in blue. R96/7, K166/7, and C202/3 represent homologous arginine, lysine, and cysteine residues in the mouse/human form of CypD, respectively.
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FIGURE 2. Surface representation of the secondary structure of human CypD with key residues related to PTP activation and catalytic activity. S1 and S2 represent the PPIase catalytic pockets (Davis et al., 2010). The model was retrieved from the Protein Data Bank (PDB ID: 3QYU) and rendered using PyMol (Schrodinger LLC, 2015). R96/7, K166/7, and C202/3 represent homologous arginine, lysine, and cysteine residues in the mouse/human form of CypD, respectively. Serine residues 31 and 42 (identical in mouse/human CypD) are not included in any currently available CypD model.




CYPD MODULATES MITOCHONDRIAL FUNCTION

Mitochondria are the power house of the cell; they create energy in the form of ATP through oxidative phosphorylation. The electron transport chain (ETC, complexes I–IV) uses reducing equivalents from fatty acid oxidation, glycolysis, and the Krebs cycle to transfer electrons ultimately to oxygen, pump protons from the matrix to the intermembrane space, and thus generate an electrochemical gradient across the inner mitochondrial membrane. The ATP synthase exploits this gradient to create ATP from ADP and inorganic phosphate. Inorganic phosphate is imported from the cytosol by the PiC. The newly produced ATP however is localized in the matrix and needs to be transferred to the cytosol for the cell to use it. This transport is mediated by the ANT, which also imports ADP from the cytosol. To increase the efficiency of ATP production and transportation to the cytosol, the ATP synthase can oligomerize with the ANT and PiC, forming synthasomes (Beutner et al., 2017). Furthermore, the ETC can form super complexes to increase the efficiency of proton gradient generation (Acin-Perez and Enriquez, 2014; Milenkovic et al., 2017). Transport of electrons by the ETC and consumption of oxygen by cytochrome oxidase, the final electron acceptor, are coupled to ATP production by the ATP synthase. In well coupled mitochondria, electrons are not transported and oxygen is not consumed unless ADP is present. Mitochondrial coupling is greatly dependent on the permeability of the IMM. If there are leaks across the IMM (uncoupled mitochondria), the electrochemical gradient is dissipated which leads to less efficient ATP production. The PTP (Bauer and Murphy, 2020) provides a means to directly regulate the conductance of the IMM and mitochondrial coupling as its opening dissipates the proton gradient and uncouples electron transport from ATP production.

CypD is a regulator of the PTP, and thus of mitochondrial coupling. It sensitizes PTP to calcium and oxidative stress. It can also directly bind to the ATP synthase and reduce ATP production while its displacement from the inner mitochondrial membrane by CsA increases ATP synthesis (Giorgio et al., 2009). In heart, brain, and liver mitochondria, CypD also regulates the assembly of synthasomes (Beutner et al., 2017). Their formation is stimulated by respiration while their disassembly favors PTP opening. Interestingly inhibiting or deleting CypD increases the stability of the synthasomes, suggesting a model in which CypD binds to and limits their assembly (Beutner et al., 2017). However, from the data provided it is unclear whether this is a direct effect of CypD or if matrix calcium levels, redox state, or inner membrane potential are also involved.

The PPIase activity of CypD may also have a regulatory role on the PTP. In a study employing CsA analogues, inhibition of PTP correlated well with inhibition of PPIase activity of CypD (Nicolli et al., 1996). The arginine at residue 96 (R96, homologous to R97 in human CypD) is important for PPIase activity and mutating it to a glycine abolishes the PPIase activity of CypD. CypD−/− fibroblasts are protected against oxidative stress; however, consistent with the previous study, the protection is lost in cells expressing a wild type (WT) CypD but not in cells expressing the R96G CypD mutant (Baines et al., 2005). These findings suggest that the PPIase activity of CypD facilitates PTP activation. However, the exact mechanism is unknown. Cis-trans prolyl isomerization of PTP components may expose binding sites to calcium which would affect the sensitivity of PTP to it. It has also been suggested that CypD activates the PTP independent of its PPIase activity (Scorrano et al., 1997). Future studies will be needed to address the role of the PPIase activity in regulating the PTP. Interestingly, the PPIase activity normalized to the expression level of the ATP synthase was associated with changes in synthasome assembly, leading to the conclusion that increased synthasome assembly with the ATP synthase in high order oligomers decreases the probability of PTP formation from ATP synthase monomers or dimers (Beutner et al., 2017). However, differentiating between independent effects of CypD and those resulting from uncoupling due to CypD-mediated sensitization of the PTP is challenging. Furthermore, it is unclear how post-translational modifications of CypD affect those functions.

CypD can regulate the expression of mitochondrial genes, thus affecting cell proliferation and differentiation (Radhakrishnan et al., 2015). It interacts with mitochondrial transcription factor and regulates mitochondrial RNA synthesis of subunits of the NADH dehydrogenase (ND1), cytochrome c oxidase (COX1), and ATP synthase (ATP6). Furthermore, deletion of CypD has been shown to activate mitochondrial retrograde signaling leading to transcriptional changes in gene expression, modulation of a chemokine/chemokine receptor signature, and activation of the inflammatory mediator STAT3 that affects cell motility and proliferation (Tavecchio et al., 2013).

Loss or inhibition of CypD has been shown to increase mitochondrial calcium which activates the mitochondrial dehydrogenases and shifts the metabolism from fatty acids to glucose (Elrod et al., 2010). Additionally, the increase in NADH/NAD+ ratio results in inhibition of deacetylases and increases acetylation of proteins (Nguyen et al., 2013) comprising pathways involved in branched chain amino acid metabolism, pyruvate metabolism, and the Krebs cycle (Menazza et al., 2013). Interestingly, CypD has been reported to be essential for the activity of the trifunctional protein, a central enzyme in β-oxidation of fatty acids (Tavecchio et al., 2015). Consistent with the metabolic shift to glucose, CypD−/− mice were more susceptible to heart failure compared to WT. These results indicate that CypD has a central role in controlling mitochondrial bioenergetics by regulating matrix calcium. It is widely known that failing hearts exhibit a metabolic shift from fatty-acid to glucose oxidation (Karwi et al., 2018). However, the role of CypD in heart failure is unclear and future research should focus on how to exploit it as a therapeutic target in this disease.



OXIDATION/S-NITROSYLATION/S-GLUTATHIONYLATION/S-PALMITOYLATION

Oxidative stress can modify structural and functional properties of proteins, and cysteine residues are of particular interest due to their reactive thiol group. Oxidation of cysteines of CypD influences the conformation of the enzyme and its activity (Linard et al., 2009). Site-directed mutagenesis allowed the identification of cysteine 203 of human CypD (homologous to cysteine 202 in mice, abbreviated as C202/3) as an important redox-sensitive residue. When C202/3 is oxidized it can form a disulfide bond with C157 which decreases its PPIase activity by 20% (Linard et al., 2009). As discussed, it is unclear whether PPIase activity is essential for PTP activation. Additional experiments are needed to address this issue. Previous studies have also shown that C202/3 undergoes S-nitrosylation in ischemic preconditioning, a cardioprotective strategy consisting of repetitive non-lethal I/R cycles (Kohr et al., 2011a,b). The mutation of C202/3 to a serine or treatment with a nitric oxide donor in mouse embryonic fibroblasts desensitized the PTP in oxidative cell death (Nguyen et al., 2011). In addition, tachycardic preconditioning desensitizes the PTP and increases S-glutathionylation of CypD (Sanchez et al., 2011). These findings suggest that S-nitrosylation and S-glutathionylation shield C202/3 from further oxidative damage and are thus cardio-protective. C202/3 also matches an S-palmitoylation motif common in soluble proteins (Collins et al., 2017). Recent data from our lab show that CypD is abundantly S-palmitoylated at C202/3, and that increased matrix calcium during ischemia leads to de-palmitoylation of C202/3, allowing it to undergo oxidation and to interact with the PTP (Amanakis et al., 2020). Of note, S-palmitoylation, S-nitrosylation, and the mutation of C202/3 to a serine do not affect the PPIase activity of CypD (Nguyen et al., 2011; Amanakis et al., 2020). In summary, oxidation on C202/3 sensitizes the PTP while S-nitrosylation, S-glutathionylation, and S-palmitoylation confer protection.



PHOSPHORYLATION

The effects of phosphorylation of CypD differ according to the phosphorylated residue. Glycogen synthase kinase-3 (GSK-3) has been reported to phosphorylate CypD and to enhance PTP opening and, consistent with this concept, GSK-3 inhibition (which would decrease CypD phosphorylation) protects from PTP opening in human cancer cell models (Rasola et al., 2010). Similarly in a rat model, treatment with an inhibitor of GSK-3 decreased CypD phosphorylation and its association with ANT and prevented PTP opening which decreased I/R injury (Teodoro et al., 2018). The site of phosphorylation by GSK-3 was not identified in these studies, and it is unclear how GSK-3 localizes to the mitochondrial matrix since it lacks a mitochondrial targeting sequence (Rasola et al., 2010). In contrast to these studies, activation of the PI3K pathway resulted in Akt2 mediated phosphorylation of serine 31 (S31) of CypD in tumor cells. In this study the mutant S31A CypD, which cannot be phosphorylated, when expressed in CypD−/− cells lacked PPIase activity, exhibited defective mitochondrial bioenergetics with reduced glucose utilization, impaired oxygen consumption, and decreased ATP production and showed findings in accordance with sensitization of the PTP such as loss of membrane potential, discharge of cytochrome c, and reduced cell viability (Ghosh et al., 2015). Finally, it was reported recently that the germline deletion of the mitochondrial calcium uniporter results in increased CypD phosphorylation at serine 42 (S42), increased association of CypD with the ATP synthase, a proposed component of the PTP, and PTP sensitization to calcium (Parks et al., 2018). The kinase responsible for phosphorylation of S42 was not identified. Summarizing phosphorylation on S31 has been shown to be required for normal mitochondrial bioenergetics and cell viability while phosphorylation on S42 has been associated with PTP sensitization. Notably, since the site of phosphorylation was not identified in studies involving GSK-3 mediated phosphorylation (Rasola et al., 2010; Teodoro et al., 2018), there could be additional serine residues whose phosphorylation regulates the PTP. Thus, depending upon the site of phosphorylation, it appears to have different effects on CypD stimulation of PTP. Interestingly, PI3K increases phosphorylation of AKT, leading to phosphorylation and inhibition of GSK-3, which both lead to inhibition of the PTP. These findings suggest that AKT and GSK-3 phosphorylate different residues on CypD and are consistent with cardioprotection conferred by activation of the PI3K pathway (Tong et al., 2000, 2002).



ACETYLATION

CypD alters the cardiac mitochondrial acetylome and has been shown to be a substrate of the mitochondrial deacetylase sirtuin 3 (SIRT3) (Nguyen et al., 2013). Lysine 166 (K166, homologous to K167 in human CypD) has been reported to be deacetylated by SIRT3 while in SIRT3−/− mice CypD is hyperacetylated at this residue, leading to sensitization of the PTP and increased cell death in a model of transaortic constriction (Hafner et al., 2010) In addition, heart failure induced by coronary artery ligation in a rat model decreased the expression of SIRT3 and increased CypD acetylation. In line with these findings, another report showed that hypoxia in cardiac myoblasts also increased CypD acetylation while overexpression of SIRT3 attenuated this effect and was protective against cell death (Bochaton et al., 2015). Of interest, expressing the CypD acetylation mimic K166Q decreased calcium retention capacity and increased cell death in mouse embryonic fibroblasts, while the non-acetylated CypD mimic K166R had the opposite effects (Bochaton et al., 2015). In the same study, in vivo I/R injury increased CypD acetylation while ischemic postconditioning decreased infarct size and cardiac CypD acetylation but failed to protect in SIRT3−/− hearts. Similar effects of I/R injury in the heart and brain were attenuated by hypothermia and CypD inhibition in a rabbit model (Jahandiez et al., 2017). These data suggest that acetylation of CypD on K166 promotes cell death by sensitizing the PTP and that the protection with ischemic postconditioning is dependent on SIRT3 deacetylation of this residue. Notably, the acetylation of mitochondrial proteins is dependent on acetyl CoA abundance (Baeza et al., 2015; Weinert et al., 2015) and this may alter CypD acetylation, thereby altering PTP and perhaps regulating the synthasome assembly.



INHIBITION OF CYPD DEPENDENT PTP OPENING WITH CYCLOSPORINE A AND TRANSLATION TO THE CLINIC

There are a large number of studies showing that CypD is a regulator of the PTP, an activator of cell death in I/R injury and that cyclosporine A desensitizes PTP and confers cardioprotection (Weinbrenner et al., 1998; Hausenloy et al., 2002; Argaud et al., 2005; Lim et al., 2007). However, the translation of these findings to the clinic has failed (Cung et al., 2015; Ottani et al., 2016). The reasons proposed for the lack of translation include the incomplete understanding of the cell-death pathway involving the PTP, the possibility that cyclosporine A did not reach the mitochondria in the first minutes of reperfusion, and the differences in comorbidities and co-medications between our patients and the experimental models (Heusch, 2017; Botker et al., 2020). Another possibility is that post-translational modifications of CypD might occur with comorbidities, co-medications, or aging, thus altering the regulation of PTP. Interestingly, there is evidence of increased CypD binding to the ATP synthase and decreased ATP synthase activity in the brain of aging mice (Gauba et al., 2017). The cause for the increased interaction might be a post-translational modification on CypD. In this case, it is unclear whether CsA would interact with CypD already bound to the ATP synthase and, thus, if it would protect in these mitochondria. In addition, the failure to translate may be due to the inhibition of a physiological function of CypD. As discussed, chronic genetic loss of CypD results in cardiac failure in response to both physiological and pathological stimuli, possibly suggesting a necessary function beyond cell death regulation (Elrod et al., 2010). A more complete understanding of the physiologic function of CypD and PTP mediated cell death is mandatory before pursuing CypD dependent PTP’s as a therapeutic target.



CONCLUSION

CypD can undergo multiple post-translational modifications and regulate mitochondrial bioenergetics and the PTP. However, most post-translational modifications of CypD have been studied in relation to the PTP. It is unclear how the majority of those post-translational modifications affect mitochondrial bioenergetics. In addition, although CypD sensitizes the opening of the PTP to stressful stimuli and possibly acts as an uncoupler by interacting directly with the ETC and the ATP synthase, its physiological role remains elusive.
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The disrupted in schizophrenia 1 (DISC1) protein is implicated in major mental illnesses including schizophrenia and bipolar disorder. A key feature of psychiatric disease is aberrant synaptic communication. Correct synaptic transmission is dependent on spatiotemporally regulated energy provision and calcium buffering. This can be achieved by precise distribution of mitochondria throughout the elaborate architecture of the neuron. Central to this process is the calcium sensor and GTPase Miro1, which allows mitochondrial trafficking by molecular motors. While the role of Miro1-calcium binding in mitochondrial transport is well described, far less is known regarding the functions of the two GTPase domains. Here, we investigate the effects of a psychiatric disease-associated mutation in DISC1 on mitochondrial trafficking. We show that this DISC1 mutation impairs Miro1’s ability to transport mitochondria. We also demonstrate the necessity of the first Miro1 GTPase domain in determining direction of mitochondrial transport and the involvement of DISC1 in this process. Finally, we describe the effects of mutant DISC1 on positioning of mitochondria at synapses.

Keywords: mitochondria, trafficking, schizophrenia, DISC1, miro, GTPase


INTRODUCTION

The disrupted in schizophrenia 1 protein (DISC1) has undergone intense study as a candidate susceptibility factor for major mental illness (Brandon and Sawa, 2011; Porteous et al., 2011; Norkett et al., 2017). Disrupted in schizophrenia 1 protein has roles in neuronal proliferation and migration, neuronal development, cytoskeletal dynamics, and intracellular signaling (Kamiya et al., 2006; Kim et al., 2009; Bradshaw et al., 2011; Kvajo et al., 2011; Norkett et al., 2016). Notably, the DISC1 “interactome”—described by an extensive yeast two-hybrid screen (Camargo et al., 2007)—suggests the role of DISC1 as a scaffold protein. The gene was first described due to a large chromosomal rearrangement in a family with a high incidence of psychiatric disorders (Millar et al., 2000) and multiple other DISC1 mutations co-segregate with major mental illness (Thomson et al., 2014).

Among the described interactors of DISC1, proteins involved in microtubule-based transport are highly represented (Camargo et al., 2007; Devine et al., 2016). Disrupted in schizophrenia 1 protein itself adopts a partially mitochondrial localization (James et al., 2004; Park et al., 2010). Previous work from our group and others has shown that DISC1 is a positive regulator of mitochondrial transport (Atkin et al., 2011; Ogawa et al., 2014; Park et al., 2016; Murphy and Millar, 2017) by interacting with the Miro/TRAK mitochondrial trafficking complex and that schizophrenia-associated DISC1 mutations impair mitochondrial transport, function, and fusion (Park et al., 2010; Atkin et al., 2011; Ogawa et al., 2014; Norkett et al., 2016).

Mitochondrial trafficking involves Miro proteins in neurons and other cell types (Saotome et al., 2008; Macaskill et al., 2009b; Russo et al., 2009; Wang and Schwarz, 2009; Lopez-Domenech et al., 2018; Modi et al., 2019). These proteins contain 2 rho GTPase domains, 2 calcium binding EF hand domains, and a transmembrane domain at the C-terminus to anchor them into the outer mitochondrial membrane. With the help of TRAK adaptors, Miro proteins link mitochondria to microtubule motors, allowing their transport and distribution throughout the neuron (Smith et al., 2006; MacAskill et al., 2009a; van Spronsen et al., 2013). Importantly, Miro proteins themselves represent potential signaling hubs. The calcium binding EF hand domains act as a molecular switch for interaction with kinesin motors for precise subcellular localization, e.g., pre- and post-synaptic sites (Macaskill et al., 2009b; Wang and Schwarz, 2009; Stephen et al., 2015; Vaccaro et al., 2017). In Drosophila, the activity of the N-terminal GTPase domain of dMiro is necessary for correct mitochondrial distribution in motor neuron axons, and for anterograde mitochondrial flux (Babic et al., 2015). In contrast, far less is known regarding the function of the GTPase domains in mammalian systems.

A disease-associated mutation in the DISC1 gene that has generated considerable interest is that of a 4-base-pair deletion, first described in an American kindred with schizophrenia and schizoaffective disorder (Sachs et al., 2005). This mutation occurs in exon 12 and causes a frameshift, giving rise to a DISC1 transcript lacking 52 amino acids at the C-terminus of the protein. In addition, nine novel amino acids are fused to the truncated DISC1 C-terminus (termed mutDISC1 here). While this mutation has been studied in the context of synaptic communication in induced pluripotent stem cells, the impact of this mutation on mitochondrial dynamics remains unknown (Wen et al., 2014).

Here, we investigate if mutDISC1 can affect mitochondrial trafficking, a key point of healthy neuronal development and synaptic transmission. We show using live imaging in rodent hippocampal cultures that mitochondrial transport is decreased upon expression of this mutant. Further, we determine that the impairment in transport is notable only in the anterograde, kinesin-mediated direction in axons. We also investigate the involvement of Miro1 in this process and show that DISC1 preferentially interacts with a form of Miro that mimics the GTP-bound state (constitutively active version; V13 Miro1). Significantly, we show that V13 Miro1 can rescue the mutDISC1-dependent mitochondrial transport deficit. Finally, by fixed imaging of mitochondria in axons, we demonstrate that mutDISC1 decreases mitochondrial localization to the presynapse, thereby providing a potential mechanism by which this mutation could cause altered synaptic activity, contributing to the onset of psychiatric symptoms.



MATERIALS AND METHODS


Antibodies and Constructs

MtDsRed2, synaptophysin GFP, and WTGFP Miro1 have all been previously described (Fransson et al., 2003, 2006; Macaskill et al., 2009b). GFP V13 and N18 Miro1 were subcloned from myc-tagged constructs (Fransson et al., 2006; MacAskill et al., 2009a) into pEGFP (Clontech). pSuper Miro1 shRNAi with MtDsRed reporter was described in Atkin et al. (2011). Myc-tagged WT Miro1-ires-MtDsRed2 used in Figure 2 has been previously described (Stephen et al., 2015). V13 and N18 versions were generated by subcloning the myc-tagged constructs into this cassette. HA-tagged human DISC1 constructs (WT and mutDISC1) were a kind gift from L. Martin (Pfizer neuroscience). Anti-HA (Haemmagluttinin, 12CA5) and myc (9E10) antibodies were obtained from relevant hybridomas (WB and IF 1:100). Anti-GFP was from Santa Cruz (sc-8334, WB 1:250) or Nacalai Tesque (G090R, IF 1:2000). Anti-human DISC1 (14F2) was previously described (WB and IF 1:100) (Ottis et al., 2011). HRP-conjugated secondaries for Western blot were from Rockland (1:10,000). Fluorescent conjugated secondaries were from Invitrogen (1:1000).



Cell Culture and Transfection

COS7 cells were maintained and transfected as described in Twelvetrees et al. (2019). Preparation of primary neuronal cultures from E18 pups was performed as previously described (Atkin et al., 2011; Smith et al., 2012, 2014; Norkett et al., 2016). Calcium phosphate precipitation (as in Atkin et al., 2012) or lipofection methods were used for transfection of hippocampal cultures at 7–8 days in vitro (DIV) for live imaging or 10 DIV for synaptic occupancy experiments. Lipofection was carried out according to manufacturer’s instructions (Invitrogen) in unsupplemented neurobasal with 6% glucose. Samples were maintained in original conditioned media for 24–48 h for live imaging or 72 h for synaptic occupancy analysis.



Biochemical Assays and Western Blotting

Co-immunoprecipitation experiments were made in lysis buffer (50 mM Tris, pH 7.5, 0.5% Triton X-100, 150 mM NaCl, 1 mM EDTA, 1 mM PMSF, 1 μg/ml antipain, pepstatin, and leupeptin) using GFP trap beads (Chromotek) on COS cells lysate. SDS–polyacrylamide gel electrophoresis (PAGE) and Western Blotting were carried out as previously described (Norkett et al., 2016). HRP-conjugated secondary antibodies were from Rockland (1:10,000). Bands were visualized using Crescendo Chemiluminescent substrate (Millipore) together with an ImageQuant LAS 4000 CCD camera system (GE Healthcare).



Immunocytochemistry

Immunocytochemistry and fixed cell imaging were carried out as described in Norkett et al. (2016). Imaging was carried out using a Zeiss LSM 700 upright confocal microscope with a plan Apochromat 63 × oil-immersion lens with 1.4 numerical aperture and ZEN 2010 software. For synaptic occupancy analysis, axonal regions were selected approximately 150 μm from the soma. Images were straightened and thresholded, and image calculator function in ImageJ was used to generate images of colocalized regions between the mitochondrial and synaptic channels.



Live Cell Imaging

For neuronal imaging of mitochondria, embryonic day 18 (E18) primary hippocampal neurons were transfected at 7–8 DIV and imaged at 9–10 DIV as previously described (Atkin et al., 2012; Norkett et al., 2016). Images were acquired at 1 frame per second for 2 min throughout. Kymographs were created in ImageJ with the straighten and multiple kymograph macros. Resultant kymographs show the process along the x-axis and time across the y-axis. Motility was assessed by counting the percentage of objects moving during an imaging period. Mitochondria and synaptophysinGFP-positive vesicles were classed as moving if they moved more than 2 μm between the initial and final frame of acquisition (Macaskill et al., 2009b).



Statistical Analysis

All data were obtained using cells from three independent preparations unless otherwise stated. Data are presented as mean ± SEM. Individual differences were assessed using Student unpaired t test at a 95% significance level. Statistical significance across groups was analyzed using one-way ANOVA with Tukey’s post hoc test. NS = not significant, ∗p < 0.05, ∗∗p < 0.01, ∗∗∗p < 0.001.



RESULTS


A Schizophrenia-Associated DISC1 Mutation Impairs Anterograde Mitochondrial Trafficking

We and others have previously identified that DISC1 acts as a positive regulator of mitochondrial trafficking, with varying inhibitory effects of schizophrenia-associated mutations reported (Atkin et al., 2011; Ogawa et al., 2014; Norkett et al., 2016; Park et al., 2016). One mutation, which has yet to be investigated in such a way, is the mutant DISC1 protein generated from a 4-bp deletion in the DISC1 gene that gives rise to a frameshift mutation (Supplementary Figure 1A; Sachs et al., 2005; Wen et al., 2014). This mutDISC1 can still be recruited to mitochondria by Miro1 (Supplementary Figure 1B) as we have previously shown for WT DISC1 (Norkett et al., 2016). To investigate any effects of this mutation on mitochondrial trafficking, we expressed MtDsRed2 (labeling mitochondria) in cultured primary neurons at DIV 7 either alone (ctrl) or together with mutDISC1 and carried out live imaging at DIV 9–10. DISC1 expression was confirmed by post hoc immunostaining for HA. Analysis of moving mitochondria revealed a 36% decrease in mitochondrial motility upon expression of mutDISC1 (Figures 1A,B. 16.4 ± 1.8% of mitochondria were moving in control, vs 9.6 ± 1.4% in mutDISC1-expressing cells, p = 0.004).
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FIGURE 1. mutDISC1 impairs anterograde mitochondrial transport. (A) Kymographs showing impaired mitochondrial trafficking in neuronal axons upon expression of mutDISC1 encoded by the mutDISC1 deletion compared to ctrl (MtDsRed2 alone). (B) Quantification of percentage of moving mitochondria in neuronal processes. Expression of mutDISC1 decreases percentages of moving mitochondria (N = 34 ctrl and 32 mutDISC1-expressing neurons, p = 0.017). Quantification of percentage of moving mitochondria in neuronal axons (C), and dendrites (D) showing a decrease upon expression of the mutDISC1 (axons N = 14 ctrl and 15 mutDISC1-expressing neurons, p = 0.028; dendrites N = 20 ctrl and 18 mutDISC1-expressing neurons, p = 0.048). (E) Analysis of direction of mitochondrial motility assessed as percentage of total mitochondria per axon. mutDISC1 specifically impairs anterograde transport compared to control, while retrograde transport is unaffected (N = 14 ctrl and 15 mutDISC1-expressing neurons, anterograde p = 0.010, retrograde p = 0.298). (F) Kymographs showing trafficking of synaptophysin GFP-positive vesicles upon expression of mutDISC1. (G) Quantification of synaptic vesicle trafficking in neuronal axons shows no effect of mutDISC1 compared to control (N = 16 ctrl and 19 mutDISC1-expressing neurons, NS p = 0.877).


Next, we investigated the effect of this DISC1 mutation on mitochondrial trafficking in axons and dendrites, as we and others have previously shown that DISC1 can upregulate trafficking in both of these compartments (Atkin et al., 2011; Ogawa et al., 2014; Norkett et al., 2016; Park et al., 2016). Instead, we found that mutDISC1 caused a decrease in trafficking in both compartments (Figures 1C,D, dendrites 13.0 ± 2.3% of mitochondria were moving in control, vs 7.0 ± 1.7% in mutDISC1-expressing cells, p = 0.049, Ctrl axons 21.4 ± 2.4%, mutDISC1 axons 14.1 ± 2.1%). Unlike dendritic microtubules, axonal microtubules have uniform polarity, with the plus ends facing away from the soma (Kapitein and Hoogenraad, 2015). This allowed us to determine if kinesin-mediated (plus-end directed) or dynein-mediated (minus-end directed) transport is affected by mutDISC1. Interestingly, we found that mutDISC1 expression led to a 50% decrease in anterograde, kinesin-mediated trafficking, whereas retrograde, dynein-mediated transport was unaffected (Figure 1E Anterograde ctrl = 11.5 ± 1.7%, mutDISC1 = 5.5 ± 1.3%, p = 0.010, retrograde ctrl = 11.2 ± 2.0, mutDISC1 = 8.5 ± 1.6%, p = 0.298). This was not due to a general effect on microtubule transport, as mutDISC1 expression had no effect on transport of synaptophysinGFP-positive vesicles (Figure 1F, quantified in Figure 1G, ctrl = 34.8 ± 2.4% vesicles motile, mutDISC1 = 34.3 ± 2.4% vesicles motile, NS p = 0.877). Therefore, mutDISC1 does not disrupt all microtubule-based transport, but instead affects specific cargoes, including mitochondria—consistent with our previous findings (Norkett et al., 2016). This is also consistent with a previous report suggesting that kinesin-dependent mitochondrial trafficking may be more affected by DISC1 than dynein-based transport (Ogawa et al., 2014).



The GTPase State of Miro1 GTPase Domain I Impacts Anterograde Mitochondrial Transport and DISC1 Binding

To further investigate mechanisms specifying direction of mitochondrial transport, we focused on Miro1, a crucial mitochondrial trafficking adaptor and DISC1 interactor. To address this, we used shRNA to knockdown Miro1 in hippocampal cultures and assessed mitochondrial trafficking in axons upon re-introduction of WT Miro1, V13 Miro1 (mimicking a GTP-bound version of the domain), or N18 Miro1 (mimicking a GDP-bound version of the domain) (Fransson et al., 2003). We found that WT Miro1 was able to rescue trafficking of MtDsRed2-labeled mitochondria compared to knockdown, increasing trafficking by 190% (Figures 2A,B, knockdown = 10.8 ± 2.3% mitochondria moving, WT = 31.6 ± 3.4% mitochondria moving, p < 0.001). While V13 Miro1 was able to exert a small but non-significant effect, N18 Miro1 was not able to rescue mitochondrial trafficking compared to knockdown (V13 = 19.0 ± 3.0% mitochondria moving NS compared to knockdown, N18 = 9.6 ± 2.7% mitochondria moving NS compared to knockdown). Interestingly, when moving mitochondria were split into anterogradely and retrogradely moving, we found that the V13 behaved differently to WT and N18 Miro1. WT Miro1 was able to rescue mitochondrial trafficking in both directions (anterograde; knockdown = 4.9 ± 1.6%, WT = 16.2 ± 1.9%, p < 0.001 retrograde; knockdown = 8.0 ± 1.9%, WT = 15.4 ± 2.5% p < 0.05). In contrast, we found that the V13 mutant was only able to rescue anterograde mitochondrial transport comparably to WT (V13 = 12.4 ± 2.3%, p < 0.01, Figure 2C, retrograde trafficking V13 = 6.8 ± 1.5% not significant compared to knockdown, Figure 2D), while the dominant negative, N18 Miro1, was not able to rescue transport in either direction compared to knockdown (N18 = 5.3 ± 1.3%, Figure 2C, N18 = 4.3 ± 1.8% not significant compared to knockdown, Figure 2D). Thus, anterograde mitochondrial transport is dependent on the GTPase state of Miro1, with the dominant negative form preventing trafficking, and the constitutively active form promoting anterograde transport specifically.
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FIGURE 2. Miro1 GTPase domain I state influences anterograde mitochondrial trafficking and DISC1 interaction. (A) Kymographs showing knockdown rescue experiments of mitochondrial trafficking upon knockdown of Miro1 and rescue with WT, V13, and N18 Miro1 in neuronal axons. (B) Quantification of mitochondrial trafficking reveals that expression of WT Miro1 can rescue mitochondrial trafficking after knockdown, whereas expression of GTPase domain I mutants V13 and N18 Miro1 cannot rescue the defect (N = 18 cells for all conditions, kd vs WT p < 0.001, kd vs V13 NS, kd vs N18 NS, WT vs V13 p < 0.05, WT vs N18 p < 0.001). (C) Quantification of anterograde mitochondrial transport as percentage of total mitochondria per axon shows that WT and V13 Miro1 can rescue mitochondrial trafficking, while N18 cannot (N = 18 cells for all conditions, kd vs WT p < 0.001, kd vs V13 p < 0.01, kd vs N18 NS, WT vs V13 NS, WT vs N18 p < 0.001, V13 vs N18 p < 0.05). (D) Quantification of retrograde mitochondrial transport shows that WT can rescue mitochondrial trafficking while V13 and N18 cannot (N = 18 cells for all conditions, kd vs WT p < 0.05, kd vs V13 NS, kd vs N18 NS, WT vs V13 p < 0.05, WT vs N18 p < 0.001). (E) GFP trap experiment from COS7 cells showing coIP of DISC1 with GFP-tagged Miro1 WT, V13, or N18. (F) Quantification of co-immunoprecipitated DISC1 band normalized to immunoprecipitated GFP Miro band. There is an increased amount of DISC1 pulled down with constitutively active, V13 Miro 1 compared to WT Miro1 (N = 5, p = 0.05).


We have previously shown that the interaction between DISC1 and Miro1 contributes to mitochondrial transport (Norkett et al., 2016). The parallels between loss of anterograde trafficking with a DISC1 mutation and with N18 Miro1 prompted the question as to whether these factors may act in a common pathway—i.e., DISC1 and V13 Miro1 act in concert to promote kinesin mediated trafficking. Therefore, we investigated the possibility that the state of this Miro domain might alter the DISC1–Miro1 interaction, and so, exert an increase in mitochondrial transport. We carried out GFP trap coimmunoprecipitation experiments from COS7 cells expressing untagged, WTDISC1, and GFP-tagged WT, V13, or N18 Miro1 to mimic GTP- and GDP-bound states, respectively. Interestingly, Western blot analysis revealed that more DISC1 is immunoprecipitated with V13 Miro1 compared to WT Miro1 (Figure 2E, quantified in 2F, normalized DISC1 intensity for WT Miro1 = 1.0, for V13 Miro1 = 5.2 ± 2.1, p = 0.05), indicating that DISC1 preferentially interacts with the GTP-bound Miro mimic. We also confirmed that mutDISC1 can be recruited to mitochondria in a Miro-dependent manner (Supplementary Figure 1B). Notably, WT and V13 Miro (but not N18 Miro) can recruit mutDISC1 to mitochondria in neurons. Significantly, this enhanced interaction may explain the reason for Miro1 V13’s capability of promoting anterograde mitochondrial transport as DISC1 upregulates kinesin-based motility (Ogawa et al., 2014), as also suggested by loss of anterograde trafficking with mutDISC1.



Constitutively Active Miro1, but Not Dominant Negative Miro1, Can Rescue the Mutant DISC1-Induced Trafficking Defect

That DISC1 and V13 Miro1 may specifically cooperate to mediate anterograde mitochondrial trafficking warranted further investigation. Thus, we carried out mitochondrial trafficking assays with co-expression of WT, V13, or N18 Miro1 and mutDISC1 to discern any possible rescue effect by Miro. We confirmed equal protein expression levels of each of the Miro isoforms by immunocytochemistry (Supplementary Figure 1C). We found that Miro1 could indeed rescue the trafficking defect, and that this was dependent on the state of GTPase domain I. Figure 3A shows example kymographs of mutDISC1 overexpression compared to addition of WT, V13, or N18 Miro1. Percentage of moving mitochondria in each condition is quantified in Figures 3B–D. Upon co-expression of WT Miro1 with mutDISC1, percentage of mitochondria moving increased around 60% (mutDISC1 = 11.9 ± 1.5%, mutDISC1 + WT = 19.3 ± 2.4%, p = 0.036). Likewise, expression of Miro1 V13 increased trafficking by around 45% (mutDISC1 = 11.0 ± 1.9%, mutDISC1 + V13 = 16.0 ± 1.4%, p = 0.033). However, N18 Miro 1 was unable to affect any change in mitochondrial transport in comparison to mutDISC1 (mutDISC1 = 13.0 ± 2.4%, mutDISC1 + N18 = 10.7 ± 1.6%, p = 0.483).
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FIGURE 3. Miro1 can rescue mutDISC1 mitochondrial trafficking defect in a GTPase dependent manner. (A) Kymographs showing effect of expressing Miro1 WT, V13, or N18 in conjunction with mutDISC1. WT Miro1 (B) and V13 Miro1 (C) increase mitochondrial transport compared to control (mutDISC1only) whereas N18 Miro1 does not (D) (N = 15 mutDISC1-expressing neurons and 26 mutDISC1 + WT Miro-expressing neurons, p = 0.036, N = 16 mutDISC1-expressing neurons and 24 mutDISC1 + V13 Miro-expressing neurons, p = 0.033, N = 10 mutDISC1-expressing neurons and 19 mutDISC1 + N18 Miro-expressing neurons, p = 0.483).




The mutDISC1 Decreases Mitochondrial Synaptic Occupancy

Mitochondrial trafficking is of exceptional importance within the neuron due to specialized sites of high energy and calcium buffering demand (Birsa et al., 2013). One such example is the presynapse where calcium rises trigger vesicular release of neurotransmitter (Borst and Sakmann, 1996; Schneggenburger and Neher, 2000) and so must be buffered to attenuate this signal (Kwon et al., 2016; Vaccaro et al., 2017; Devine and Kittler, 2018). Furthermore, the mutDISC1 has been previously shown to cause a defect in presynaptic release and frequency facilitation (Kvajo et al., 2011; Wen et al., 2014). Thus, we examined the prospect that disrupted mitochondrial trafficking—due to mutDISC1—might alter positioning of mitochondria at the presynapse. To address this, fixed confocal imaging was carried out on DIV 13 neurons expressing MtDsRed2 and synaptophysinGFP to label mitochondria and presynaptic specializations, respectively (Figure 4A). Colocalization analysis revealed that around 28% of synapses colocalize with mitochondria under control conditions. However, this value was decreased by around 20% upon expression of mutDISC1 (Figure 4B ctrl = 27.7 ± 1.9%, mutDISC1 = 21.7 ± 1.5%, p = 0.028). We also found that mutDISC1 expression led to a 20% reduction in mitochondrial localization to synapses (from 50% in control conditions to 40% with mutDISC1 expression, data not shown).
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FIGURE 4. mutDISC1 impairs positioning of mitochondria at the presynapse. (A) Confocal images showing colocalization of mitochondria with presynaptic sites labeled with synaptophysin GFP (control) or upon expression of the mutDISC1. (B) Percentage of synapses colocalizing with mitochondria is decreased upon expression of mutDISC1 (N = 11 ctrl and 11 mutDISC1-expressing neurons, p = 0.028). (C) Mitochondrial area is decreased upon expression of DISC1 4 bp deletion (p = 0.017). (D) Mitochondrial density is unaffected by expression of mutDISC1 (p = 0.508). Synaptic area (E) and density (F) are unchanged by expression of mutDISC1 (p = 0.933 and p = 0.392, respectively).


In addition to position of mitochondria in relation to synapses, we also analyzed their size (Figures 4C,E). While the area of presynaptic terminals was unchanged (ctrl = 1.60 ± 0.11 μm2, mutDISC1 = 1.61 ± 0.11 μm2, NS, p = 0.93), the mitochondrial area was decreased by 19% upon expression of mutDISC1 (ctrl = 1.57 ± 0.10 μm2, mutDISC1 = 1.27 ± 0.06 μm2, p = 0.017). This decrease in area of mitochondria is consistent with our previous data where we show another DISC1 mutation decreases mitochondrial fusion, likely due to the interaction between DISC1 and mitochondrial fusion proteins, mitofusins (Norkett et al., 2016). Further, these smaller mitochondria may be less functional than in control conditions, as mitochondrial morphology and function are tightly linked (Westermann, 2010). This would be consistent with reports of DISC1 being important for maintaining mitochondrial membrane potential and expression of mutDISC1 disrupting this process (Park et al., 2010; Eykelenboom et al., 2012).

In order to rule out the possibility that the diminished colocalization was caused by a decrease in number of synapses or mitochondria in the imaged regions of axons, we also calculated their density (Figures 4D,F). We found no significant alteration in numbers of mitochondria per 10 μm of axon (ctrl = 1.45 ± 0.18, mutDISC1 = 1.31 ± 0.11 mitochondria per 10 μm, NS, p = 0.51). Nor did we detect any difference in numbers of synaptophysin GFP puncta (ctrl = 2.28 ± 0.21, mutDISC1 = 2.03 ± 0.19 puncta per 10 μm, NS, p = 0.39). Therefore, the decreased colocalization of mitochondria with presynaptic boutons is not due to alteration in numbers of either, rather in the positioning of mitochondria.

Taken together, these data suggest this DISC1 mutation prevents anterograde mitochondrial transport and so causes an improper distribution of mitochondria throughout the axon. Therefore, there are fewer presynaptic sites with mitochondria present. This anterograde transport defect can be overcome with V13 Miro1, mimicking the GTP-bound state of Miro1—the form with which DISC1 preferentially interacts.



DISCUSSION

Here, we demonstrate that the mutDISC1 encoded by the schizophrenia-associated 4-bp deletion in DISC1 impairs anterograde mitochondrial transport in neuronal axons. Further, we reveal a role of the first GTPase domain of Miro1 on mitochondrial transport in mammalian neurons. We find that the constitutively active form of Miro1 can specifically rescue anterograde mitochondrial transport upon Miro1 knockdown, while the dominant negative form does not. Moreover, V13 Miro1 rescues the altered mitochondrial trafficking caused by expression mutDISC1 and we show the Miro1 GTPase state influences the biochemical interaction with DISC1. Finally, we show that the mutDISC1 causes a decrease in mitochondria at the presynapse.

Disrupted in schizophrenia 1 protein is proposed to positively modulate mitochondrial trafficking via biochemical association with Miro and TRAK proteins—themselves positive regulators of mitochondrial transport—as well as interaction with syntaphilin, an anchor protein (Atkin et al., 2011; Ogawa et al., 2014; Norkett et al., 2016; Park et al., 2016). We found that this schizophrenia-associated deletion in DISC1 drastically reduces mitochondrial transport in hippocampal axons and dendrites. Multiple DISC1 mutants have adverse effects on mitochondrial transport (Atkin et al., 2011; Ogawa et al., 2014; Norkett et al., 2016). Expression of a fusion protein of DISC1 and Boymaw [also called DISC1FP1 (Zhou et al., 2008; Eykelenboom et al., 2012), a potential outcome of a schizophrenia-associated chromosomal translocation] drastically reduces mitochondrial transport and also mitochondrial fusion (Norkett et al., 2016). In our mutDISC1 experiments, it is interesting to note this specific decrease in anterograde transport, which is consistent with the described effect of the R37W DISC1 mutation (Ogawa et al., 2014).

Importantly, we also report that the GTPase state of Miro1 influences the direction of mitochondrial transport in agreement with results from a Drosophila model (Babic et al., 2015). Knocking out Miro1 in Drosophila leads to a drastic decrease in mitochondrial trafficking that can be rescued in the anterograde direction by a constitutively active version. However, a dominant negative—mimicking the GDP-bound state—was unable to rescue this effect. Crucially, our findings extend data showing the importance of GTP-bound Miro1 for anterograde transport in mammalian systems. The GTPase activity of Miro1’s N-terminus has been demonstrated in vitro (Lee et al., 2016). These data imply a necessity for Miro1 in anterograde transport, which cannot be compensated by Miro2 (also present in our mammalian system). This is consistent with our previous findings that Miro1 is the major isoform responsible for mitochondrial trafficking in neurons (Lopez-Domenech et al., 2016).

Notably, we propose that this anterograde transport may be facilitated by DISC1. By coimmunoprecipitation, DISC1 preferentially interacts with the GTP-bound mimic form of Miro. While this is the first GTPase-dependent interaction confirmed biochemically, the GTPase state of Miro has also been shown to influence recruitment of a centromere associated protein—CENP-F—to mitochondria, whereas the GDP-bound mimic does not (Kanfer et al., 2015). Moreover, our data show that V13 Miro1 can rescue the mutDISC1 phenotype of impaired mitochondrial transport, while the N18 Miro1 cannot. This suggests a role for DISC1 in influencing the GTPase state of Miro. For example, DISC1 may act as a scaffold to recruit Miro1 GTPase-activating proteins (GAPs) or guanidine exchange factors (GEFs) to the mitochondrial trafficking complex. In this way, DISC1 could locally influence moving mitochondria’s direction via Miro1’s GTPase state and, potentially, the dominant molecular motor. The GTP-bound form for Miro1 could favor kinesin-based transport, causing the bias toward anterograde trafficking. The mutDISC1 may confer a loss of function in this regard, which can be overcome by expression of V13 but not N18 Miro1. It would be interesting to investigate Miro-GTP levels in the presence of WT DISC1 or mutDISC1 in live cells. Coupling a GTP/GDP sensor (as described in Bianchi-Smiraglia et al., 2017) to Miro would allow live detection of the bound nucleotide and could even be correlated with the direction of transport—e.g., are anterogradely moving mitochondria likely to be labeled with Miro-GTP? The effect of perturbing DISC1 expression could thus be readily studied.

The regulation of the GTPase state of Miro, and its cellular effects, are of great interest for further study. A GEF for Miro has been proposed in Drosophila and has conserved roles in a mammalian system. The Vimar protein (RAP1GDS1 in mammals) encodes an atypical GEF and is involved in mitochondrial fission and fusion via Miro. Vimar RNAi also decreases mitochondrial transport, consistent with the importance of the GTPase state of Miro in mitochondrial transport (Ding et al., 2016). Beyond GAPs and GEFs, the kinase Polo has been shown to phosphorylate Drosophila Miro in its N-terminal GTPase domain (Lee et al., 2016). This phosphorylation enhances the hydrolyzing activity of this GTPase domain. Therefore, it would be important to elucidate the effect of this kinase on Miro-dependent mitochondrial transport as well as identify further regulators of Miro’s GTPase activity.

At the cellular level, we show that mutDISC1 interrupts normal mitochondrial localization, decreasing the number of presynapses with mitochondria present. Correct mitochondrial distribution is of particular importance within neurons because sustaining neuronal excitability and synaptic transmission requires a lot of energy (Birsa et al., 2013; Sheng, 2017; Devine and Kittler, 2018). This mislocalization of mitochondria at the presynapse may modulate presynaptic calcium signals and disrupt ATP provision and, thus, neuronal transmission (Kwon et al., 2016; Vaccaro et al., 2017; Devine and Kittler, 2018). Indeed, mutDISC1 has been previously linked to impaired presynaptic activity. In glutamatergic neurons derived from induced pluripotent stem cells from a patient with the 4-bp mutation, there was a decrease in synaptic transmission (Wen et al., 2014). Mutations in DISC1 have also been linked to altered axonal targeting (Kvajo et al., 2011) and shorter, less branched dendritic arbors (Lepagnol-Bestel et al., 2013), while impairing DISC1-dependent mitochondrial trafficking disrupts dendritic morphogenesis (Norkett et al., 2016).

To conclude, our results further support an important role for DISC1 as a regulator of mitochondrial transport. It remains to be determined how mutDISC1 may affect neuronal morphology, and if these phenotypes are dependent on atypical mitochondrial distribution.
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FIGURE S1 | The DISC1 4 base pair deletion. (A) Schematic showing schizophrenia associated DISC1 4 base pair deletion and equivalent expression construct mutDISC1 encoded by the mutation. (B) mutDISC1 is recruited to mitochondria in a Miro-dependent manner in DIV9-10 hippocampal neurons Scale bar 10 μm. Line scans show MtsDsRed and mutDISC1 intensity in the boxed region. The distribution of mutDISC1 changes from cytosolic and nuclear to mitochondrial as shown by colocalization the MtDsRed2. (C) Quantification of Miro isoform expression by immunocytochemistry and fluorescence intensity shows comparable expression levels.
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Various external factors modulate the metabolic efficiency of mitochondria. This review focuses on the impact of the growth factor neuregulin and its ErbB receptors on mitochondria and their relationship with several physiopathological alterations. Neuregulin is involved in the differentiation of heart, skeletal muscle, and the neuronal system, among others; and its deficiency is deleterious for the health. Information gathered over the last two decades suggests that neuregulin plays a key role in regulating the mitochondrial oxidative machinery, which sustains cell survival and insulin sensitivity.
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NEUREGULIN, A MEMBERS OF THE EPIDERMAL GROWTH FACTOR FAMILY

The early 1990s saw the publication of several articles searching for the ligand of a relevant protooncogene, c-neu, also known as ErbB2 receptor (erythroblastic leukemia viral oncogene homolog 2 receptor) or HER2 in humans, associated with malignancy and poor prognosis in breast, ovarian, gastric, and endometrial cancers. The authors of these reports named the hypothetical ligand for the ErbB2 receptor, a 44–45 kD glycoprotein, in distinct ways, including heregulin (HRG) (Holmes et al., 1992) and neu differentiation factor (NDF) (Peles et al., 1992). Several laboratories cloned and identified other members of the family, and the common term neuregulin (NRG) was proposed encompassing them all (Marchionni et al., 1993; Fischbach and Rosen, 1997).

NRG belongs to the epidermal growth factor (EGF) family since it contains the domain that characterizes all the members of this family, the EGF-like domain, which allows binding to the ErbB tyrosine kinase receptor family (Carraway and Burden, 1995; Gumà et al., 2010). NRG subfamily members are encoded by various genes, the products of nrg-1 to 4 genes being the most widely studied. Most of these subfamily members contain a transmembrane domain. The bioactive EGF-like domain is located extracellularly, in the N terminus portion, and it can be released upon proteolysis by metalloproteases (Montero et al., 2000; Ozaki et al., 2004). Such proteases target specific sites at the NRG juxtamembrane extracellular region. Upon release, the EGF-like domain of NRG binds to ErbB receptors. In contrast to what was expected, NRG does not bind directly to ErbB2 receptor (Peles et al., 1993), but to ErbB3 and ErbB4 (Plowman et al., 1993b; Carraway and Cantley, 1994; Tzahar et al., 1994). NRG binding to ErbB3 or ErbB4 triggers preferential heterodimerization with the orphan receptor ErbB2 or, in its absence, with ErbB1 (also known as the EGF receptor, EGFR) (Carraway et al., 1994; Alimandi et al., 1995; Graus-Porta et al., 1995; Riese et al., 1995; Pinkas-Kramarski et al., 1996). ErbB3 is a kinase-death receptor, whereas ErbB4 displays both binding and kinase activity, the latter having a wider spectrum of NRG ligands (Jones et al., 1999).

NRG is released by cells of endothelial, mesenchymal, and neuronal origin, while ErbB receptors are located close to the ligand, generating local autocrine, paracrine, or even juxtacrine actions (Gumà et al., 2010). More recently, a member of the NRG subfamily, NRG-4, has emerged as an endocrine factor, which is addressed later.



ROLE OF NEUREGULIN AND ERBB RECEPTORS ON CELL SURVIVAL AND OXIDATIVE STRESS

Anthracyclines such as doxorubicin are widely used as chemotherapeutic agents for the treatment of cancer. These drugs induce cardiomyopathy, and there is evidence that disturbances at the NRG/ErbB axis play a crucial role in the development of anthracycline-dependent cardiotoxicity (Ghigo et al., 2016). In cancers that overexpress the product of the oncogene erbB2, therapy combines the use of anthracyclines with ErbB2-blocking antibodies (trastuzumab or herceptin). In such cases, the cardiotoxic effect of anthracyclines is enhanced by ErbB2 blockage (Slamon et al., 2001; Keefe, 2002). There is evidence indicating that NRG-1, acting on ErbB4/ErbB2 receptors, plays a critical role in heart development. In this regard, knockout mice for NRG-1 (Meyer and Birchmeier, 1995), ErbB4 (Gassmann et al., 1995), and ErbB2 (Lee et al., 1995) die at mid-embryo life due to altered heart ventricular trabeculation. The lethality observed in knockout mice led to the development of new approaches to analyze the relevance of NRG and ErbB receptors in adult heart. Mice with a postnatal conditional ErbB2 mutation in ventricular cardiomyocytes show a severe dilated cardiomyopathy at the second month of age, indicating that ErbB2 has a cardioprotective role in adulthood (Ozcelik et al., 2002). Another strategy was based on the use of heterozygous NRG-1 knockout mice, which show accelerated systolic failure and higher mortality in response to doxorubicin (Liu et al., 2005). The treatment with a bioactive recombinant NRG-1β counteracts doxorubicin-dependent reduction of cardiomyocyte contractility and myofilament disarray in cardiomyocytes (Sawyer et al., 2002; Timolati et al., 2006). In this regard, NRG-1 promotes cell survival via a phosphatidylinositol 3-kinase-dependent mechanism that requires the activity of ErbB4/ErbB2 receptors (Fukazawa et al., 2003; Bian et al., 2009). Overexpression of ErbB2 in heart reduces mitochondrial ROS production in response to doxorubicin (Belmonte et al., 2015). In contrast, primary cultures of neonatal rat ventricular myocytes exposed to anti-ErbB2 antibody for 24 h show impaired mitochondrial function and cellular energy (Grazette et al., 2004). A single challenge of NRG-1β triggers cellular reprogramming in cardiomyocytes not only by improving the mitochondrial oxidative capacity and the defense against oxidative stress, thereby enhancing cell survival, but also by increasing the protein synthesis and the glycolytic metabolism that contribute to cardiomyocyte hypertrophy. These findings highlight the protective function of NRG in the heart (Giraud et al., 2005). The observation that NRG prevents the deleterious effects of oxidative stress is supported by previous reports indicating that the release of this growth factor by cardiac endothelial cells prevents cardiomyocyte apoptosis by regulating ROS levels, in a manner that involves ErbB4 activation (Kuramochi et al., 2004). This protective role of NRG against oxidative stress has also been reported in other cell types such as the neuronal PC12 cells (Goldshmit et al., 2001).

The beneficial effect of ErbB2 in differentiated tissues contrasts with the consequences of its overexpression, which is associated with cancer. In this context, the overexpression of ErbB2 also targets mitochondria, although acting in such a manner that contributes to cell transformation. Regarding ErbB2 action on mitochondria proteins, two studies have provided valuable insight. On the one hand, ErbB2 antagonizes apoptosis in cancer cells by physically interacting with the mitochondrial protein p53 upregulated modulator of apoptosis (PUMA), a potent apoptosis inducer. ErbB2 signals the phosphorylation of PUMA in tyrosine residues promoting its degradation by the proteasome (Carpenter et al., 2013). In addition, ErbB2 tyrosine kinase signaling induces the phosphorylation of the mitochondrial creatine kinase 1 (MtCK1, located at the intermembrane space) on tyrosine 153 (Y153) in breast cancer cells. Y153 phosphorylation stabilizes MtCK1 protein, thereby increasing the phosphocreatine energy shuttle and promoting proliferation (Kurmi et al., 2018). Moreover, studies in cancer cells and patient samples show that when ErbB2 is overexpressed, it translocates from the plasma membrane to mitochondria. The increase of ErbB2 in mitochondria negatively regulates mitochondrial respiration, membrane potential, and ATP synthesis while enhancing anaerobic glycolysis, thereby increasing lactate production (Ding et al., 2012). Furthermore, ErbB2 induces the overexpression of the uncoupling protein 2 (UCP2) in cancer cells. In normal conditions, UCP2 is associated with glucose tolerance and insulin sensitivity, as it controls the production of reactive oxygen species (ROS) during respiration (Dalgaard, 2011, 2012). In contrast, the UCP2 overexpression leads to the uncoupling of mitochondria, which contributes to enhance anaerobic glycolysis in cancer cells (Patel et al., 2013).



INVOLVEMENT OF NEUREGULIN AND ErbB RECEPTORS IN ADAPTIVE CHANGES TO OXIDATIVE METABOLISM

The generation of genetically modified mouse models for NRG-1 and for ErbB receptors has allowed the observation of serious alterations in the development of the central and peripheral nervous system, beyond the effects on heart development already described (Lee et al., 1995; Meyer and Birchmeier, 1995; Carraway, 1996). In response to synaptic activity, NRG-1 is released by neuronal axons and binds to ErbB receptors which are concentrated at the neuronal and neuromuscular post-synaptic plates as well as at central and peripheral glial cells (Altiok et al., 1995; Burden and Yarden, 1997; Buonanno and Fischbach, 2001), inducing both glia maturation and postsynaptic plate formation (Falls et al., 1993; Marchionni et al., 1993; Chen et al., 1994; Corfas et al., 1995; Dong et al., 1995; Goodearl et al., 1995; Jo et al., 1995; Morrissey et al., 1995; Woldeyesus et al., 1999; Wolpowitz et al., 2000; Yang et al., 2001). Synaptic activity causes muscle contraction, and there are multiple evidences indicating that NRG-1 participates in contraction events that modulate muscle metabolism. First, muscle also expresses NRG-1, and it is essential for the myogenesis (Kim et al., 1999; Suarez et al., 2001), acting in an additive manner with the insulin-like growth factor I, IGF-I (Florini et al., 1996). Second, muscle fibers release NRG-1 in response to muscle contraction (Lebrasseur et al., 2003; Canto et al., 2006), and the impairment of NRG-1 action during an acute stimulus of contraction leads to a decrease in glycogen, ATP, and phosphocreatine muscle content (Canto et al., 2006). In this sense, it is well known that muscle contraction has rapid effects inducing glucose uptake in order to sustain energy reservoirs. Contraction effects on glucose uptake take place in an additive manner to the insulin action, by translocation of GLUT4 glucose transporters to surface membranes (Ploug et al., 1998). Interestingly, insulin and NRG-1 also have additive effects inducing glucose transport and the translocation of glucose transporters to surface membranes in muscle cells (Suarez et al., 2001; Canto et al., 2004). Third, NRG-1 has long-term effects on muscle cells that resemble those of muscle adaptation to exercise. Chronic effects of exercise result in the increase in mitochondrial biogenesis (Takahashi and Hood, 1993; Hood, 2001) and mitochondrial respiratory activity, thus enhancing the capacity to oxidize carbohydrates and fatty acids (Holloszy, 1967; Mole et al., 1971). This is relevant since insulin resistance has been associated with impaired mitochondrial activity (Mootha et al., 2003; Patti et al., 2003; Petersen et al., 2003, 2004; Lowell and Shulman, 2005), and exercise is indicated as a therapeutic intervention to prevent and treat insulin resistance (Baar et al., 2002; Hawley, 2004). In this sense, long-term treatment of muscle cells with the bioactive recombinant NRG-1 isoform, heregulin-β1 177–244 (Hrg), induces glucose and fatty acid oxidation through an increase in total mitochondria content and membrane potential as well as inducing the expression of mitochondrial respiratory chain complexes, resulting in improved insulin sensitivity (Canto et al., 2007). These effects are a consequence of the NRG-1 action inducing the expression of the transcription factor, peroxisome proliferator–activated receptor β/δ (PPARβ/δ), and the PPARγ coactivator-1α (PGC-1α) (Canto et al., 2007), both involved in mitochondrial biogenesis and activity (Wu et al., 1999). Current data indicate that PGC-1α induces the expression of mitofusin 2 (MFN2) gene (Soriano et al., 2006), an outer mitochondrial membrane protein that stimulates mitochondrial fusion, mitochondrial oxidative activity, and, in turn, insulin sensitivity (Bach et al., 2003; Sebastian et al., 2012). It would be pertinent to study whether NRG-1 regulates MFN2 expression and, consequently, whether it can modulate mitochondrial dynamics in muscle. Recent evidences support this view. In neonatal cardiomyocytes, submitted to hypoxia/reoxygenation injury, Hrg contributes to cardiomyocytes survival by restoring the expression of MFN1 and MFN2 (Zhang et al., 2020). All together suggest that NRG-1 has a prevalent role in muscle adaptation to an oxidative metabolism.



NEUREGULIN 4, A NEW ADIPOKINE THAT ENHANCES BROWNING IN ADIPOSE TISSUE

In 2014, two groups reported that NRG-4 is highly expressed and released by adipose tissues, especially by brown adipose tissue (BAT), thus being considered an adipokine (Rosell et al., 2014; Wang et al., 2014). Despite this, some other tissues such as the liver, lung, and pancreas are capable of expressing NRG-4, although in much lower amounts. NRG-4 exerts a plethora of effects that ultimately regulate energy metabolism and insulin sensitivity. Despite the abundance of NRG-4 in BAT, this protein is dispensable for defense against cold exposure-induced hypothermia in NRG-4 null mice (Wang et al., 2014). However, NRG-4 expression is upregulated in white adipose tissue (WAT) upon cold exposure (Rosell et al., 2014). In this condition, NRG-4 increases innervation by promoting neurite growth and contributes to the transition from white to beige adipocytes. Beige adipocytes can be differentiated from white adipocytes by their increased thermogenic capacity. Beige adipocytes induce uncoupling protein 1 (UCP1) expression upon adrenergic stimulus and increase mitochondrial oxygen consumption, thereby allowing a better control of body energy balance and insulin sensitivity (Wu et al., 2012). Hence, NRG-4 might be a key factor for the acquisition of BAT features in WAT depots. In this regard, there is a positive correlation between the expression of NRG-4 and beige markers such as the UCP1, UCP3, and Transmembrane Protein 26 (TMEM26) in human WAT (Comas et al., 2019). Studies in 3T3-L1 adipocytes show that the administration of NRG-4 inhibits lipogenesis and promotes the expression of markers of beige cells such as proton/amino acid transporter 2 (PAT2) and cluster of differentiation 137 (CD137), as well as markers of browning. such as UCP1 and PR domain zinc finger protein 16 (PRDM16) (Zeng et al., 2018).

Genetically modified mouse models in which NRG-4 expression is blocked or enhanced have been generated with the aim to study the effect of this protein on adipose tissue. Initially, it was reported that NRG-4 null mice did not show alterations in insulin sensitivity when treated with a control diet. However, upon treatment with a high-fat diet (HFD), these mice became more obese and showed increased plasma triacylglycerol levels and higher fasting blood glucose and insulin levels (Wang et al., 2014). In this regard, NRG-4 expression is reduced in WAT in obesity, both in mouse models and humans (Wang et al., 2014), and adiposity negatively correlates with NRG-4 expression in WAT, but not in BAT (Chen et al., 2017). Moreover, studies comparing a cohort of body mass index-matched individuals reveals that NRG-4 mRNA levels in WAT are lower in those individuals with impaired glucose tolerance or type 2 diabetes than in those with normal glucose tolerance (Wang et al., 2014). In contrast, NRG-4 transgenic mice show enhanced whole body glucose metabolism and, consequently, reduced obesity and insulin resistance compared to control animals (Wang et al., 2014; Chen et al., 2017). Mice with adipose-selective overexpression of NRG-4, treated with a HFD, show greater oxygen consumption and energy expenditure than control mice (Chen et al., 2017). In the same study, microarray gene expression analysis of WAT from wild-type (WT) and NRG-4 transgenic mice revealed the upregulation of a cluster of genes related to mitochondrial function and energy expenditure (Chen et al., 2017).

Interestingly, NRG-4 overexpression promotes a healthier adipokine profile during obesity. Hence, NRG-4 and adiponectin expression change in a similar manner, while NRG-4 overexpression counteracts the expression of proinflammatory cytokines involved in obesity-induced adipose tissue inflammation, such as tumor necrosis factor α (TNFα) and interleukin 1β (IL1β) (Wang et al., 2014; Chen et al., 2017). In turn, the expression of NRG-4 is inhibited by treatment with the inflammatory cytokine TNFα in 3T3-L1 adipocytes (Wang et al., 2014; Chen et al., 2017) and its expression is recovered by inhibition of NF-κB or activation of PPARγ in these cells (Chen et al., 2017). At the same time, the expression of the pro-inflammatory cytokines IL1β and TNFα is upregulated in NRG-4-deficient adipose tissue in mice (Wang et al., 2014; Chen et al., 2017). Therefore, the reduction in NRG-4 expression that is observed in obesity could be a consequence of the low-grade chronic inflammatory signaling present in WAT.

More recently, the role of NRG-4 in adipose tissue vascularization was explored since the pathological adipose tissue expansion that occurs in obesity is often accompanied by a reduction in blood vessels, thereby leading to hypoxia (Corvera and Gealekman, 2014). Hypoxia exacerbates the manifestation of an inflammatory phenotype in adipocytes (Pasarica et al., 2009, 2010). NRG-4 triggers endothelial angiogenic functions and angiogenesis both in vitro and in vivo (Nugroho et al., 2018a). NRG-4 -/- mice show a reduction in blood vessels in both BAT and WAT, but unlike the aforementioned studies (Wang et al., 2014; Chen et al., 2017) in the work of Nugroho et al., NRG-4 -/- mice increase in body weight and adiposity even under a normal diet, without altering food intake when compared with WT mice. Moreover, NRG-4 -/- mice showed reduced adiponectin expression in WAT, reduced insulin sensitivity, impaired glucose tolerance, and a decrease in oxygen consumption without a decline in physical activity (Nugroho et al., 2018a). In contrast, transgenic mice overexpressing NRG-4 in adipocytes, under the control of the promoter aP2, and treated with a HFD, showed enhanced expression of vascular endothelial growth factor (VEGF) (Chen et al., 2017) which is involved in the growth of blood vessels and increased blood vessel density (Nugroho et al., 2018b). As previously described, NRG-4 transgenic mice subjected to a HFD show a decrease in the expression of inflammatory markers such as IL1β, IL6, and TNFα in WAT. In addition, transgenic mice have a higher insulin sensitivity and glucose tolerance than WT mice (Nugroho et al., 2018b). Recent data indicate that NRG-1 is a hypoxia-inducible factor 1α (HIF1α) suppressor in neurons (Yoo et al., 2019). Since adipose tissue hypoxia is one of the first physiopathological changes in WAT in obesity and leads to HIF1α and nuclear factor-kappa B (NF-κB) activation (Sun et al., 2011), the role of NRG-4 in inducing vascularization, thereby preventing hypoxia, contributes to the maintenance of a healthy metabolic profile and absence of inflammation.



NEUREGULIN-4 TARGETS ErbB4 RECEPTOR

NRG-4 specifically binds to ErbB4 receptor (Harari et al., 1999). ErbB4 is highly expressed in the central nervous system (Plowman et al., 1993a, b; Zhang et al., 1997) and also in muscle, heart, pancreas, salivary gland, and lung (Plowman et al., 1993a; Gassmann et al., 1995; Pinkas-Kramarski et al., 1997). Interestingly, ErbB4 is one of the genes linked to obesity and diabetes, as shown by studies of various International Consortiums such as the ADIPOGen and GENIE Consortiums. ErbB4 locates in caveolar microdomains in cardiomyocytes (Zhao et al., 1999). Upon ligand binding, ErbB4 rapidly leaves this site in what is considered a mechanism of receptor desensitization in the continuous presence of the ligand (Zhao et al., 1999). Besides, it has been shown that, after stimulation with NRG-1, ErbB4 is recruited to the lipid raft fraction of neuronal cell membranes. This recruitment plays a critical role in NRG signaling and in the modulation of synaptic plasticity in the brain (Ma et al., 2003). Caveolin-1 is an essential protein component of caveolae but cellular organelles such as mitochondria, nuclei, and endoplasmic reticuli are also rich in caveolins. Caveolin-1 knockout mice have cholesterol-dependent mitochondrial dysfunction and susceptibility to apoptosis (Bosch et al., 2011). Caravia et al. (2015) reviewed the relation between caveolin-1 and mitochondria and suggested that this protein acts as a “warning sign” for mitochondria. Adipocytes are rich in caveolae, and the presence of ErbB4 in caveolin-rich membranes suggests that NRG-4 signaling on mitochondrial metabolism is initiated in caveolae. Although ErbB4 expression decreases during adipogenesis (Zeng et al., 2018), the relevance of ErbB4 has been examined in adipose tissue as NRG-4 has been observed to protect adipocytes against the effects of a HFD (Zeng et al., 2018). Since ErbB4 null mice die at mid-embryo life due to impaired heart development, a heart-rescued ErbB4 deletion mouse model was generated to analyze ErbB4 involvement in the protective effect of NRG-4 against a medium-fat diet (Zeng et al., 2018). Mice lacking ErbB4 developed obesity, dyslipidemia, hepatic steatosis, hyperglycemia, hyperinsulinemia, and insulin resistance.

Severe inflammation and M1 macrophage polarization occur in both inguinal and epididymal WAT of mice with ErbB4 deletion (Zeng et al., 2018). Previous evidence of the anti-inflammatory role of the NRG-4/ErbB4 axis came from studies on inflammatory bowel diseases, such as Crohn’s disease and ulcerative colitis (Frey et al., 2009; Bernard et al., 2012; McElroy et al., 2014; Schumacher et al., 2017). NRG-4 expression is suppressed in inflammatory bowel disease (Bernard et al., 2012), whereas exogenous treatment with this protein blocks enterocyte apoptosis in rodent models of intestinal inflammation and is therefore protective (Bernard et al., 2012; McElroy et al., 2014). In this regard, in vivo analysis of macrophages from a dextran sulfate sodium (DSS)-induced colitis model in C57Bl/6 mice revealed a dramatic reduction in NRG-4 expression due to the underlying colonic inflammation. Exogenous treatment with NRG-4 ameliorated this inflammation, hence reducing the expression of pro-inflammatory cytokines. In contrast, ErbB4 is selectively overexpressed by pro-inflammatory macrophages during inflammation, and when this receptor is activated by NRG-4, it promotes M1 macrophages death (Schumacher et al., 2017). This deleterious effect on macrophages involves ErbB4 cleavage upon NRG-4 binding and intracellular fragment translocation to mitochondria, which reduces mitochondrial membrane potential and triggers apoptosis (Schumacher et al., 2017).

These lines of evidence point to the potential of NRG-4 as an efficient promoter of pro-inflammatory macrophage clearance. This function is critical to prevent chronic inflammation since defects in such clearance can lead to auto-inflammatory diseases and may contribute to metabolic syndrome. In all, NRG-4 secreted by WAT may play a key role in preventing inflammation, and the decrease in its expression observed in obesity may exacerbate inflammation driven by infiltrated macrophages.



NEUREGULIN AS AN ENDOCRINE FACTOR THAT PROTECTS AGAINST INSULIN RESISTANCE

Neuregulins were classically considered as local growth factors. However, NRG-1 has been detected in plasma, and its presence has been associated with heart, lung, and neuronal diseases, either as a consequence of the release of NRG-1 derived of the tissue damage or due to the overexpression of such protective factors. Therefore, NRG-1 in plasma has been examined as a possible diagnostic marker for various diseases that can alter tissue integrity and thus compromise cell survival. Plasma NRG-1 has been linked to the severity of chronic heart failure (Ky et al., 2009) and coronary artery disease (Geisberg et al., 2011) as well as acute lung injury, correlating with inflammation (Finigan et al., 2013). Regarding neuronal diseases, NRG-1 is found in the plasma of Parkinson’s disease patients and its plasma levels are associated with those of the cerebral spinal fluid (Hama et al., 2015). NRG-1 is also detected in the plasma of Alzheimer’s disease patients (Chang et al., 2016) and it has been proposed as a marker of the onset of this condition.

New evidence supports the notion that the adipokine NRG-4 has an endocrine role, exerting metabolic effects locally in adipose tissues, as mentioned above, but also acting on distal tissues with special incidence on the liver (Wang et al., 2014; Ma et al., 2016). Studies using NRG-4 null mice as well as adipose tissue-overexpressing NRG-4 mouse models demonstrated that NRG-4 protects against HFD-induced insulin resistance by attenuating hepatic de novo lipogenesis (Wang et al., 2014; Ma et al., 2016) and activating mitochondrial fatty acid oxidation and ketogenesis (Chen et al., 2017). Others confirmed these results using a hydrodynamic gene transfer method to overexpress NRG-4, which targets mainly liver and also adipose tissues, in HFD-treated obese mice (Ma et al., 2016). In that study, overexpression of hepatic NRG-4 ameliorated chronic inflammation, improved insulin resistance, and prevented HFD-induced weight gain and fatty liver (Ma et al., 2016). In another study, NRG-4-overexpressing adipose-derived mesenchymal stem cells were transplanted intravenously into HFD-fed mice (Wang W et al., 2019). NRG-4 overexpression ameliorated insulin resistance by attenuating hepatic steatosis. Hepatic NRG-4 signaling is a checkpoint for the progression of steatosis to nonalcoholic steatohepatitis (NASH). NASH is strongly associated with obesity and metabolic syndrome and characterized by liver inflammation and fibrosis, which can develop into hepatocellular carcinoma (HCC). NRG-4 null mice show accelerated liver injury, fibrosis, inflammation, and cell death in an induced-NASH condition (Guo et al., 2017). Transgenic overexpression of NRG-4 in adipose tissues attenuates hepatocyte death by reducing phosphorylated levels of cJun Kinase (JNK) (Guo et al., 2017), a kinase whose signaling induces inflammation and promotes hepatocyte apoptosis (Seki et al., 2012). These findings highlight the relevance of NRG-4 in sustaining insulin sensitivity by targeting liver metabolism.

ErbB4 expression is higher in skeletal muscle than in liver (Plowman et al., 1993a, b), thereby suggesting potential metabolic effects of NRG in the former. In this regard, the intraperitoneal administration of recombinant NRG, Hrg, before a glucose tolerance test, leads to a rapid increase in glucose utilization in liver, but not in skeletal muscle, and a significant reduction in glycemia both in control and type 2 diabetic rats (Lopez-Soldado et al., 2016). The lack of effects of Hrg may be explained by the difficulty of NRG to access ErbB4 in muscle. In skeletal muscle, ErbB4 locates in the neuromuscular junction (Zhu et al., 1995) and in the invaginations of surface membranes, known as transverse tubules, T-tubules, which are rich in caveolin-3 (Ozcelik et al., 2002; Ueda et al., 2005). Some authors reported that T-tubules open during muscle contraction, otherwise narrowly constraining the arrival of molecules (Wang et al., 1996); however, this is still controversial (Ploug et al., 1998). During contraction, muscle releases NRG-1, which acts locally, through ErbB4, to increase glucose uptake and adapt muscle metabolism to energy requirements (Canto et al., 2006). The addition of external recombinant NRG does not improve the effects of the endogenous secreted NRG in contracting muscle (Canto et al., 2006) or in resting muscle where its effect on glucose uptake is scarce (Suarez et al., 2001). However, the access of circulating NRG to the liver may be favored by this organ, being highly blood irrigated with fenestrated blood vessels, and although hepatocytes express lower levels of ErbB4 than muscle fibers, they may be enough to mediate the constitutive actions of NRG.

With regard to the role of NRG-4 as an endocrine factor, the plasma levels of NRG-4 and the possible association with obesity, type 2 diabetes and cardiovascular diseases-related to metabolic syndrome have been examined in humans (Dai et al., 2015; Cai et al., 2016; Jiang et al., 2016; Kang et al., 2016; Yan et al., 2017, 2018; Tian et al., 2019; Wang R et al., 2019). However, this relationship is still controversial. Plasma NRG-4 has been reported to be decreased in obese children (Wang R et al., 2019) and adults (Cai et al., 2016) and in patients newly diagnosed with type 2 diabetes mellitus (Yan et al., 2017, 2018) while it is inversely associated with subclinical cardiovascular disease in obese adults (Jiang et al., 2016) and with the severity of coronary artery disease (Tian et al., 2019). In contrast, other authors described no changes in serum NRG-4 in adults with NASH disease (Dai et al., 2015) and even increases in newly diagnosed type 2 diabetic patients (Kang et al., 2016). All these studies were done exclusively on samples obtained from Asian populations. Further research covering a wider range of ethnicity and greater number of samples is required to clarify this question.

Given the capacity of NRG to reverse alterations associated with metabolic syndrome and cardiovascular diseases, some studies have addressed the potential of human recombinant NRG-1 as a therapeutic strategy (Gao et al., 2010; Jabbour et al., 2011). In this regard, long-term treatments involving a high dose of this recombinant protein were required due to the short half-life of the protein. In order to stabilize recombinant NRG, a fusion protein containing the EGF-like domain of human NRG-1 and the Fc domain of human IgG1 was generated (Zhang et al., 2018). Intraperitoneal administration of the NRG-1 fusion protein to HFD-induced obese mice led to a lower expression of gluconeogenic enzymes in liver, thereby resulting in lower blood glucose and thus improved insulin sensitivity. Interestingly, the administration of NRG-1 fusion protein to obese mice induced the depolarization of hypothalamic POMC neurons and increased their firing rate, hence stimulating satiety and thus a reduction in food intake (Zhang et al., 2018). The administration of this fusion protein also increased the expression of the hepatokine fibroblast growth factor 21 (FGF21), which is involved in whole body energy homeostasis (Owen et al., 2015; Zhang et al., 2018), although NRG-1 effects were independent of the increase in FGF21 (Zhang et al., 2018).



PERSPECTIVES ON THE ROLE OF NEUREGULIN AS AN ANTI-INFLAMMATORY FACTOR

The studies reviewed indicate that NRG plays several key roles. It maintains a healthy cellular status in multiple tissues, it safeguards mitochondrial homeostasis, and it prevents alterations driven by inflammation (Figure 1). The role of NRG in mitochondrial activity may be related to its anti-inflammatory effects. Indeed, NRG may regulate metabolic tissue inflammation by modulating mitochondrial function. In this regard, there is increasing evidence that mitochondrial dysfunction is the primary cause of many auto-inflammatory conditions (Dela Cruz and Kang, 2018). Mitochondria are a major source of damage-associated molecular patterns (DAMPS) such as mitochondrial DNA (mtDNA) (Rodriguez-Nuevo et al., 2018) and mitochondrial reactive oxygen species (mROS) (Rimessi et al., 2016). Mitochondria is one of the primary sources of cellular ROS, which is produced at various sites, but especially by complex I and complex III activities (Quinlan et al., 2013). Oxidative stress can initiate inflammation through the NF-κB pathway, thereby increasing the expression of several pro-inflammatory cytokines (Morgan and Liu, 2011). In addition, ROS can activate a leucine-rich repeat-containing protein (NLRP) family member, namely NLRP3, at the inflammasome to promote IL1β cleavage and pyroptosis. In turn, NLRP3 can induce ROS production, thereby further increasing inflammation (Heid et al., 2013). This positive inflammatory feedback loop, caused by oxidative stress, feeds many inflammatory alterations that are involved in the development of metabolic syndrome and type II diabetes. The treatment of inflammation, focusing on mitochondrial homeostasis, emerges as a novel therapeutic field. In this regard, NRG may prevent this inflammatory loop by blocking NF-κB activation and promoting macrophage clearance, thereby improving insulin sensitivity.


[image: image]

FIGURE 1. Protective actions of neuregulin on different tissues. Neuregulin, acting locally or as an endocrine factor, protects against metabolic stress and inflammation in a manner that is tightly linked to mitochondria function. Schematic art pieces used in this figure were provided by Servier Medical Art (http://servier.com/Powerpoint-image-bank). Servier Medical Art by Servier is licensed under a Creative Commons Attribution 3.0 Unported License.


In summary, given the protective role of NRG against insults that impair cell energy stability and thus compromise cell survival, this growth factor emerges as a potential drug candidate for the treatment of multiple pathologies, particularly those involving inflammatory and metabolic dysregulation such as obesity and type 2 diabetes. Nowadays, it is ahead of our knowledge, and future studies will have to delineate the conditions in which neuregulin could be useful for therapeutic application.
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Macrophages are key components of innate immunity, and they play critical roles in heart health and diseases. Following acute myocardial infarction (MI), infiltrating macrophages undergo drastic phenotypic transition from pro-inflammatory in the early stage to pro-healing in the late stage. Transcriptome analyses of macrophage in the infarct zone show a time-dependent reprogramming of mitochondrial and metabolic functions, which parallels the changes of macrophage function. These observations suggest that mitochondrial and metabolic targets could be exploited for therapeutic opportunities. In this article, we reviewed the recent work on immunometabolic features of macrophage over the MI time continuum. In addition, we summarized currently proposed mitochondrial pathways involved in the functional polarization of macrophage and discussed their potential relevance to the outcome of MI. We expect that these findings will stimulate further investigations in metabolic modulation of innate immunity in the post-MI setting, which could ultimately lead to new strategies for therapy.
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INTRODUCTION

Ischemic heart disease is a leading cause of morbidity and mortality in developed countries. Cell death caused by myocardial infarction (MI) or ischemic/reperfusion (IR) injury invokes the recruitment of immune cells to the infarcted myocardium, which triggers inflammatory response in the early stage followed by wound healing and eventual scar formation (Van der Borght and Lambrecht, 2018; Bajpai et al., 2019). It has been shown that excessive inflammation and/or inadequate wound healing leads to poor clinical outcome after MI (Jia et al., 2019). Innate immune cells, particularly macrophages and monocytes, play a primary role in the tissue damage/repair process. Emerging studies suggest that macrophage function is intricately linked to its metabolic profile (Palmieri et al., 2017; Yurdagul et al., 2020). After acute MI (AMI), the majority of resident macrophages in the infarct zone die and are subsequently replenished by macrophages derived from circulating monocytes (Heidt et al., 2014; Ma et al., 2018). These macrophages undergo complex phenotypic changes that are central to post-MI healing. For example, infiltration and activation of macrophages in the infarcted region lead to strong inflammatory response, cytokine release, and further cell death immediately after MI (Mezzaroma et al., 2011; Chen et al., 2019). As the tissue repair commences, macrophage population evolves from pro-inflammatory to pro-healing, which promotes collagen deposition and extracellular matrix remodeling and scar formation (DeLeon-Pennell et al., 2017; Honold and Nahrendorf, 2018). Moreover, recent studies suggest that macrophages are critical mediators of the functional benefit associated with adjunctive cell therapy post-MI (de Couto et al., 2015; Vagnozzi et al., 2020). Therefore, regulatory mechanisms governing the transitions of macrophage functions during the post-MI period has recently become a fervid area of investigation. In this mini review, we will summarize the recent advances regarding the role of mitochondrial metabolism in regulating the phenotypic changes of macrophage post-MI.



METABOLIC REPROGRAMMING OF MACROPHAGE POST-MI

A global rewiring of metabolic pathways takes place in macrophages during the transition from a quiescent state to an activated state (Kelly and O’Neill, 2015). A hallmark of pro-inflammatory macrophage is a metabolic shift from oxidative metabolism toward glycolysis to meet the bioenergetic and biosynthetic demand (Rodriguez-Prados et al., 2010; Figure 1). In the case of pathogen invasion, upregulation of glycolysis rapidly generates ATP for activated macrophages. Furthermore, increased glycolytic intermediates feed into the pentose phosphate pathway (PPP) to produce NADPH, which is used to generate reactive oxygen species (ROS), through NADPH oxidase reaction, for bactericidal function (West et al., 2011a). On the other hand, mitochondrial oxidative metabolism in pro-inflammatory macrophages is suppressed, and the tricaboxylic acid (TCA) cycle flux is disrupted and rewired (Figure 1; Jha et al., 2015; Lampropoulou et al., 2016). In a sterile condition, infiltrating monocyte/macrophage in the infarct zone post-MI mounts a similar inflammatory response in the early stage post-MI (Lee et al., 2012). For instance, damage-associated molecular patterns (DAMPs) released by the dead cells activate toll-like receptors (TLRs) and promote glycolytic polarization of macrophages within the injured heart (Williams et al., 2018). The metabolic profile of macrophages in the infarct zone is not well described. However, a recent study examining macrophage transcriptome in the post-MI hearts showed a robust reprogramming of mitochondrial genes during the transition from tissue injury to repair (Mouton et al., 2018), suggesting that mitochondrial function could also be central to macrophage phenotype and cardiac remodeling post-MI.
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FIGURE 1. Immunometabolic transition of macrophage post-MI. Macrophages undergo an immunometabolic transition post-MI. At the early phase, macrophages secrete pro-inflammatory cytokines in the injured myocardium. Their energy metabolism shifts toward glycolysis and increased flux through the pentose phosphate pathway (PPP), accompanied by TCA cycle rewiring and a high level of mtROS. Substrate oxidation and ATP synthesis through OXPHOS are reduced. When the infarcted region enters the wound healing phase, macrophages become phagocytotic. Changes in the microenvironment, efferocytosis, and metabolic reprogramming promote the phenotype transition to pro-healing. Macrophages at this stage revert to oxidative metabolism and engage in collagen deposition and remodeling of the extracellular matrix (ECM).


Following MI, clearance of apoptotic cells by immune cells, i.e., efferocytosis, is a critical step leading to inflammation resolution and tissue repair (Serhan and Savill, 2005; Wan et al., 2013; Gordon, 2016). Distinct from microbial phagocytosis, efferocytosis after MI has been shown to fill the phagocytic macrophage with a heavy substrate load almost equal to the phagocyte itself (Zhang et al., 2019). The presence of metabolic cargo is accompanied by a marked elevation of oxygen consumption in phagocytic macrophages relative to non-efferocytes. In parallel, fatty acid oxidation (FAO) and oxidative phosphorylation (OXPHOS) are upregulated in phagocytic macrophages, while glycolysis decreases as cytokines and DAMPs decline in the microenvironment. These changes constitute a reversal of metabolic profile as the inflammation resolves (Park et al., 2011; Figure 1). The importance of mitochondria in macrophage is supported by a recent study showing poor wound healing and increased cardiac rupture in mice with myeloid-specific deficiency of Complex III in the electron transport chain (ETC) (Zhang et al., 2018). While these findings introduce a new role of mitochondria in cardiac repair and remodeling, they raise many questions in regard to mechanisms and therapeutic implications. In the section below, we will discuss briefly the proposed mechanisms linking mitochondrial metabolism to macrophage phenotype.



ROLE OF MITOCHONDRIAL METABOLISM IN MODULATING MACROPHAGE FUNCTION

Besides producing ATP for the cell, mitochondria play multiple regulatory roles in cellular signaling, redox balance, cell growth, and survival (Zhou and Tian, 2018; Ritterhoff et al., 2020). Changes in mitochondrial function have been observed in activated macrophages, but the molecular mechanisms connecting mitochondrial function and macrophage phenotypes are not fully understood. In this section, we will summarize emerging findings on the role of mitochondrial ROS, intermediary metabolism, and NAD(H) redox state in modulating macrophage function, as well as the role of mitochondrial DNA (mtDNA) in triggering inflammatory response (Figure 2).
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FIGURE 2. Mitochondrial mechanisms involved in macrophage activation. Mitochondria provide triggers and mediators of the inflammatory response in macrophages via mtROS, metabolites, NAD(H) redox balance, and leakage of mtDNA. See text for details. HIF1α, hypoxia-inducible factor 1α; SDH, succinate dehydrogenase; NLRP3, nod-like receptor family pyrin domain containing 3; cGAS-STING, GMP-AMP synthase/stimulator of interferon genes; PKM2, pyruvate kinase M2; JHDM, Jumonji domain-containing histone demethylase; PHD, prolyl hydroxylases; Tet, T5-methylcytosine hydroxylases.



Mitochondrial ROS

Reactive oxygen species is a by-product of mitochondrial respiratory activity. Under physiologic conditions, electron leakage in Complexes I and III of the ETC is a major source of ROS in mitochondria (mtROS) (Wong et al., 2017). Enzymes localized on the outer membrane of mitochondria, such as monoamine oxidase A, also generate ROS in activated macrophages, which has been thoroughly reviewed (Cathcart and Bhattacharjee, 2014). In pro-inflammatory macrophages, parallel studies show that impairment of TCA flux results in succinate accumulation via succinate oxidation by succinate dehydrogenase (SDH). Under conditions of reduced OXPHOS, succinate oxidation generates high mitochondrial membrane potential and drives the reverse electron transport (RET) at Complex I to produce ROS (Mills et al., 2016; Robb et al., 2018). In macrophages stimulated by lipopolysaccharide (LPS), succinate oxidation boosts mtROS generation and enhances interleukin-1β (IL-1β) production (Mills et al., 2016). It has been reported that the NOTCH signaling pathway is required to reprogram mitochondrial metabolism, thus leading to mtROS generation and pro-inflammatory gene expression (Xu et al., 2015). Blocking Complex I by alternative oxidase (AOX) or rotenone or scavenging mtROS by Mito-TEMPO inhibits inflammatory phenotype in macrophages (Jin et al., 2014; Scialo et al., 2017). Interestingly, blocking mtROS also reduces the population of anti-inflammatory macrophages with isoprenaline treatment (Shan et al., 2017), suggesting mtROS may modulate macrophage phenotype transition in a context-dependent fashion.

How does mtROS modulate inflammation? Increased mtROS is associated with increased gene expressions of pro-inflammatory cytokines, such as tumor necrosis factor α (TNFα) and IL-1β (van de Veerdonk et al., 2010; O’Neill and Pearce, 2016). mtROS could stabilize hypoxia-inducible factor 1α (HIF1α) through inhibiting the activity of prolyl hydroxylases (PHDs). Enhanced HIF1α is considered central to the upregulation of glycolysis and inflammatory cytokine expression (Calvani et al., 2012; Kelly and O’Neill, 2015). In monocytes and macrophages derived from atherosclerotic coronary artery disease patients, mtROS promotes dimerization and nuclear translocation of the glycolytic enzyme pyruvate kinase M2 (PKM2), phosphorylating the transcription factor signal transducer and activator of transcription (STAT3), thus boosting IL-6 and IL-1β production (Shirai et al., 2016). mtROS also serves as a key regulator of nod-like receptor family pyrin domain containing 3 (NLRP3) inflammasome activation (Afonina et al., 2017; Chen et al., 2017). In the early phase after AMI, NLRP3 senses danger signals both extracellularly and intracellularly, such as DAMPs, and assembles an inflammasome to mediate the downstream response (Mauro et al., 2019). On the other hand, mitochondrial antiviral protein (MAVS) facilitates the recruitment of NLRP3 to the mitochondria and hence enhances its oligomerization and activation by bringing it close to mtROS (Park et al., 2013; Figure 2).



Intermediary Metabolism

Disruption of the TCA cycle in the pro-inflammatory macrophages resulted in accumulations of metabolic intermediates such as citrate, succinate, fumarate, and malate (Ryan and O’Neill, 2017). As alluded to earlier, accumulation of succinate promotes mtROS generation via SDH. Succinate has also been shown to stabilize HIF1α by inhibiting the activity of PHD, an α-ketoglutarate (α-KG)-dependent dioxygenase. α-KG, on the contrary, depletes HIF1α by promoting the activity of PHD (Tannahill et al., 2013). The activity of other dioxygenases, e.g., Jumonji domain-containing histone demethylase (JHDM) or T5-methylcytosine hydroxylases (Tet), also requires α-KG as a co-substrate and can be inhibited by succinate, fumarate, or malate (Xu et al., 2011; Sinton et al., 2019; Figure 2). A recent study showed that increased glutaminolysis drove fumarate production via the TCA cycle, leading to enhanced TNFα and IL-6 expressions via boosting H3K4 trimethylation (H3K4me3) at the respective promoter regions (Arts et al., 2016). Moreover, α-KG derived from glutaminolysis is shown to be important for the alternative activation of macrophage via epigenetic regulations of pro-reparative genes (Liu et al., 2017).

Citrate transported from mitochondria can be converted to acetyl-CoA by ATP-citrate lyase (ACLY) in the cytosol. This mechanism has been implicated in the regulation of histone acetylation of cancer cells (Wellen et al., 2009). While upregulation of ACLY is observed in pro-inflammatory macrophages, it remains to be determined whether increased histone acetylation is responsible for the associated increase of inflammatory mediators, e.g., nitric oxide (NO), ROS, and prostaglandin E2 (PGE2) (Infantino et al., 2013). Another metabolite derived from the TCA cycle is itaconate, which is converted from aconitate (O’Neill and Artyomov, 2019). A recent study suggests that itaconate functions as an anti-inflammatory mediator in metabolic remodeling of macrophages via inhibition of SDH during IR injury (Lampropoulou et al., 2016).

In contrast to the pro-inflammatory macrophages, oxidative metabolism is robust in alternatively activated macrophages which phenotypically resemble reparative macrophages. During the clearance of injured tissues, phagocytes gain lipid load via efferocytosis, which likely stimulates fatty acid utilization. A recent study suggests that fatty acid is the preferred substrate in pro-healing macrophages after cardiac injury (Zhang et al., 2019). Increased fatty acid metabolism and associated activation of peroxisome proliferator-activated receptor (PPAR α/β/δ) in macrophages appear to play an important role in polarizing macrophages into a pro-reparative phenotype (Chawla, 2010). This led to the conjecture that the lipid load macrophages acquired via efferocytosis may potentially stimulate fatty acid utilization. Interestingly, elevated utilization of glucose is also necessary for pro-reparative macrophage polarization, and this may be mediated through increased production of UDP-GlcNAc (Jha et al., 2015; Huang et al., 2016). A major limitation in interpreting these observations is that most studies are done in vitro. Technical innovations, such as isolation procedures that preserve in vivo phenotype or genetic strategies for specific lineage tracing or perturbations, are required to allow for metabolic analysis of macrophages in vivo.



NAD(H) Redox Balance

Nicotinamide adenine dinucleotide (NAD+) accepts electrons from glycolysis, TCA cycle, and β-oxidation to form NADH, which then feeds its reducing potential to the ETC for OXPHOS. Therefore, NAD(H) redox is a major determinant of mitochondrial function and vice versa. Decreased OXPHOS lowers the NAD+/NADH ratio and reduces the availability of NAD+ for other NAD+-dependent proteins, such as poly ADP-ribose polymerase (PARP), cyclic ADP-ribose synthase, and sirtuins (Verdin, 2015; Katsyuba and Auwerx, 2017; Figure 2). Recently, Zhang et al. demonstrated that mitochondrial Complex III deficiency in macrophages impaired transcriptional activation of IL-10 induced by efferocytosis post-MI, resulting in poor healing and rupture of the infarcted ventricle. The defect was attributed to impaired Sirt1 function and could be rescued by supplementing nicotinamide mononucleotide (NMN), a NAD+ precursor (Zhang et al., 2019), suggesting that NAD(H) redox imbalance caused by mitochondrial dysfunction is an important regulatory mechanism of immune response. Impairment of the Sirt2 function due to NAD+ depletion leads to the hyperacetylation of α-tubulin, which in turn promotes colocalization of apoptosis-associated speck-like protein containing a caspase recruitment domain (ASC) and NLRP3, and drives IL-1β production in macrophages (Zhang et al., 2018). NAD(H) redox balance is also a powerful regulator of epigenetics, likely via supporting the activity of sirtuin deacetylases (Class III HADCs) on histone (Halili et al., 2010; Ciarlo and Roger, 2016). Recent studies show that DNA and histone methylation also regulate macrophage function (Yu et al., 2019; Li et al., 2020). One carbon metabolism, which supplies the methyl group for methylation, is regulated by mitochondrial function and the NAD+/NADH ratio (Tibbetts and Appling, 2010; Kuhl et al., 2017). Together, these observations substantiate the role of NAD(H) redox in the modulation of innate immunity (Tibbetts and Appling, 2010; Zhang et al., 2019).



mtDNA Is a Potential Pro-inflammatory Mediator of Post-MI Macrophage

Increased levels of circulating cell-free mtDNA (CCF-DNA) have been observed in a number of disease conditions including MI (West and Shadel, 2017; Nakayama and Otsu, 2018). Due to the structural features resembling prokaryotic DNA, mtDNA is a potent pro-inflammatory trigger for immune cells in sterile inflammation (Collins et al., 2004) and is widely accepted as an integral member of the DAMPs. Hypomethylated CpG-rich mtDNA serves as an endogenous ligand for TLR9 to trigger the innate immune system governed by the NLRP3 inflammasome in response to cellular stress, infection, and AMI injury (West et al., 2011b). In the canonical pathway of sterile inflammation, upon sensing extracellular mtDNA released during necrotic tissue death, TLR9 recruits adaptor proteins MyD88 and TRIF to activate transcription factors NF-kB and NLRP3 to promote production, maturation, and secretion of pro-inflammatory cytokines, such as IL-1β, IL-6, and IL-18, to amplify the inflammatory signals (Chen and Nunez, 2010; Nakayama and Otsu, 2018).

The presence of mtDNA in the cytosol also triggers inflammation. Defective autophagy in bone-marrow-derived macrophages (BMDMs) resulted in enhanced cytosolic translocation of mtDNA via the mitochondrial membrane permeability transition pore (MPTP) in an mtROS- and NLRP3-dependent fashion to activate caspase 1, promoting IL-1β and IL-18 secretions (Nakahira et al., 2011). Key players in autophagy, Beclin-1 and LC3, have been found critical in the regulation of macrophage phagocytosis and efferocytosis, as well as the clearance of apoptotic cells, inflammatory resolution, and tissue repair following MI (Konishi et al., 2012; Heckmann et al., 2017; Heckmann and Green, 2019). More recently, cytidine/uridine monophosphate kinase 2 (CMPK2)-dependent mtDNA synthesis was shown to be required for NLRP3 inflammasome activation in LPS-primed macrophages, in that the newly synthesized mtDNA was oxidized by mtROS and translocated to the cytosol to activate NLRP3 inflammasome via direct binding (Zhong et al., 2018). Together, these studies demonstrate the co-dependence of mtDNA’s cytosolic translocation and the activation of NLRP3/caspase I axis of macrophage in a pro-inflammatory milieu such as the early phase of the post-MI myocardium.

GMP-AMP synthase (cGAS)/stimulator of interferon genes (STING) is another cytosolic mtDNA-sensing pathway which governs the gene expressions of interferons, such as CD14, CXCL10, and IRFs. In dendritic cells and macrophages, cGAS can be activated by cytoplasmic mtDNA to resist infection (Carroll et al., 2016; Chen et al., 2016). In the context of mtDNA stress induced by transcription factor A, mitochondrial (TFAM) deficiency in BMDMs, aberrant mtDNA packaging results in the cytosolic translocation of mtDNA. Upon sensing cytosolic fragmented mtDNA, cGAS activates STING, which then activates TBK1, resulting in the translation of interferon genes (West et al., 2015). Recently, cGAS-dependent mtDNA sensing has been demonstrated to mediate macrophage polarization. cGAS–/– mice displayed an improved outcome after MI, which is associated with an augmented reparative macrophage population. However, a loss of cGAS does not alter the mRNA levels of canonical cytokines (Cao et al., 2018). Together, these findings suggest that cGAS/STING is a pro-inflammatory pathway parallel to the TLR9/NF-kB axis to sense aberrant cytosolic mtDNA in post-MI macrophages.



CONCLUSION AND PERSPECTIVES

As discussed above, mitochondrial metabolism is a key regulator of macrophage response. Substrate metabolism, mtROS, and NAD(H) redox state influence macrophage phenotype through epigenetic, transcriptional, and posttranscriptional mechanisms. Microenvironment, such as oxygen and nutrient availability, DAMPs, and metabolic cargo from cell debris, also modulates functional properties of macrophage via mitochondria and metabolic mechanisms. These observations not only provide mechanistic links between mitochondrial responses and the functional transition of macrophages during the remodeling after MI but also suggest a novel class of targets for therapy. Given the broad implication of innate immunity in human diseases, these findings will drive future work to identify molecular mechanisms connecting mitochondria and immune cell functions in a wide variety of diseases.
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A causal relationship between Mitofusin (MFN) 2 gene mutations and the hereditary axonal neuropathy Charcot-Marie-Tooth disease type 2A (CMT2A) was described over 15 years ago. During the intervening period much has been learned about MFN2 functioning in mitochondrial fusion, calcium signaling, and quality control, and the consequences of these MFN2 activities on cell metabolism, fitness, and development. Nevertheless, the challenge of defining the central underlying mechanism(s) linking mitochondrial abnormalities to progressive dying-back of peripheral arm and leg nerves in CMT2A is largely unmet. Here, a different perspective of why, in humans, MFN2 dysfunction preferentially impacts peripheral nerves is provided based on recent insights into its role in determining whether individual mitochondria will be fusion-competent and retained within the cell, or are fusion-impaired, sequestered, and eliminated by mitophagy. Evidence for and against a regulatory role of mitofusins in mitochondrial transport is reviewed, nagging questions defined, and implications on mitochondrial fusion, quality control, and neuronal degeneration discussed. Finally, in the context of recently described mitofusin activating peptides and small molecules, an overview is provided of potential therapeutic applications for pharmacological enhancement of mitochondrial fusion and motility in CMT2A and other neurodegenerative conditions.
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OVERVIEW OF MITOFUSINS

Mitofusin (MFN) 1 and MFN2 are closely related dynamin family GTPases encoded by nuclear genes, but located on outer mitochondrial membranes. Originally described by Margaret Fuller and colleagues as the human homologs of Drosophila fuzzy onion (Fzo) (Santel and Fuller, 2001; Santel et al., 2003), MFN1 and MFN2 differ in catalytic GTPase activity essential for mitochondrial fusion (Ishihara et al., 2004), in their ability to localize at endo/sarcoplasmic reticulum and mediate trans-organelle calcium signaling (De Brito and Scorrano, 2008; Chan, 2012; Naon et al., 2016; Seidlmayer et al., 2019; Dorn, 2020), and in their proposed roles mediating mitophagic mitochondrial removal (Chen and Dorn, 2013; Gong et al., 2015). Nevertheless, MFN1 and MFN2 have largely overlapping functions in the sequential tethering and fusion of mitochondria and appear to be almost interchangeable in this regard. Thus, forced expression or pharmacological activation of either MFN1 or MFN2 can overcome mitochondrial fusion defects resulting from haplo-insufficiency in MFN1 or MFN2 null cells (Chen et al., 2003; Rocha et al., 2018), or from dominant suppression by MFN2 mutants (Detmer and Chan, 2007; Rocha et al., 2018; Zhou et al., 2019). Yet, detailed structures of individual mitofusin proteins located on outer mitochondrial membranes, of the oligomeric MFN structures that presumably mediate membrane deformation required for membrane fusion, and of trans MFN-MFN dimers that extend outward from mitochondria into cytosolic space and tether mitochondria together, are currently lacking. Consequently, much of the structural information about MFNs and the macromolecular complexes they form is either hypothetical or inferential (Koshiba et al., 2004; Brandt et al., 2016; Franco et al., 2016; Mattie et al., 2018; Rocha et al., 2018; Li et al., 2019).

By comparison, our phenomenological understanding of mitofusin pathophysiology is quite detailed, having been informed by gene knockout experiments (Chen et al., 2003, 2007, 2010, 2011, 2014; Lee et al., 2012; Sebastian et al., 2012, 2016; Kasahara et al., 2013; Song et al., 2014, 2015, 2017; Mourier et al., 2015; Boutant et al., 2017; Ramirez et al., 2017; Zhao et al., 2018; Bell et al., 2019; Han et al., 2020) and gain- or loss-of-function manipulation with MFN-specific mini-peptides and small molecules (Franco et al., 2016; Rocha et al., 2018). Collectively, this body of work supports three general conclusions: 1. Mitofusin insufficiency or impaired activity is broadly detrimental; 2. Absence of MFN2 is more deleterious than absence of MFN1; and 3. The consequences of impaired MFN-mediated mitochondrial fusion, mitophagy, and inter-organelle communication differ, depending upon cellular context.

Results of MFN deletion using in vitro cell and in vivo mouse models have built a solid foundation for interrogating the consequences of mitofusin deficiency produced by naturally occurring genetic MFN mutations in humans. Only two human diseases are unambiguously attributed to functional MFN deficiency: Charcot-Marie-Tooth disease type 2A (CMT2A) that is almost always mono-allelic (i.e., heterozygous) with autosomal dominant inheritance (vide infra), and multiple symmetric lipomatosis that has been described with bi-allelic (i.e., homozygous or compound-heterozygous) MFN2 mutations (Rocha et al., 2017; Capel et al., 2018). Because very little is known about MFN-induced lipomatosis, here I focus on CMT2A.



MFN2 MUTATIONS AND CHARCOT-MARIE-TOOTH DISEASE

Charcot-Marie-Tooth disease was originally described in 1886 as “progressive muscular atrophy” by French neurologists Jean-Martin Charcot and Pierre Marie, and the English neurologist Howard Henry Tooth. As currently used in the clinic, the term CMT generally describes a large number of clinically heterogenous and genetically diverse inherited peripheral neuropathies (Fridman et al., 2015). CMT type 2A (CMT2A), defined by its causal MFN2 gene mutations (Zuchner et al., 2004), is the second most common form of CMT (Cornett et al., 2016) and is remarkable for early onset and rapid progression during childhood. In the largest reported United States study (n = 99 patients from Wayne State University plus 27 patients from the United Kingdom) (Feely et al., 2011), the average age of onset for CMT2A was 4.4 years (vs 41 years for other forms of CMT2); most CMT2A patients were non-ambulatory by 20 years of age. These findings are consistent with the International Neuropathies Consortium cohort of >1,400 CMT patients (including n = 910 CMT1 and 237 CMT2) (Fridman et al., 2015). MFN2 mutations comprise ∼6% of familial CMT (∼22% of familial CMT2) (Bombelli et al., 2014; Choi et al., 2015) and are, depending upon nationality, the second or third most common cause of CMT, after the PMP22 duplication/deletion and GJB1 mutations that cause CMT1A (Fridman et al., 2015; Ando et al., 2017; Hoebeke et al., 2018; Yoshimura et al., 2019). Among patients with CMT2A, the majority of MFN2 mutations affect the amino terminal GTPase and mid-protein MFN2 coiled-coiled domains, with disease onset in the first 2 years of life and an aggressive clinical course. A few patients have mutations at the extreme MFN2 carboxyl terminus and typically exhibit later onset (range 5–33 years old) and milder disease (Feely et al., 2011; Stuppia et al., 2015; Figure 1). Strikingly, CMT provoked by vincristine therapy has been described in children treated for acute lymphoblastic leukemia (Chauvenet et al., 2003), providing an example of gene-environment interactions that can induce the clinical phenotype.
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FIGURE 1. MFN2 mutation class and possible mechanisms mediating CMT2A. (top) Schematic depiction of MFN2 protein showing globular GTPase domain (green) and alpha helical coiled-coil stalk region (orange, yellow) and disease characteristics of respective mutations. CMT2A transgenic mice described herein express MFN2 R94Q and T195M, which are within the GTPase domain. (bottom) Possible cellular mechanisms by which dominant suppression of normal MFN1 and MFN2 function by damaging MFN2 mutations might provoke disease.


The prototypical CMT2A patient exhibits loss of sensory and motor nerve function in the distal limbs (Bombelli et al., 2014), but some patients additionally show evidence of laryngeal paralysis (Zuchner et al., 2006), loss of visual acuity from retinal degeneration (Chung et al., 2006; Verhoeven et al., 2006; Zuchner et al., 2006; Feely et al., 2011), sensorineural hearing loss (Nicholson et al., 2008), spinal cord atrophy (Bombelli et al., 2014), and upper motor neuron signs (Vucic et al., 2003; Chung et al., 2006; Rance et al., 2012), which support reports of central nervous system involvement (Brockmann et al., 2008; Boaretto et al., 2010; Milley et al., 2018). Proximal limb weakness, in addition to classical distal limb involvement, is observed in approximately one third of CMT2A patients (Bombelli et al., 2014), and occurs earlier than in CMT1A. Clinical heterogeneity observed in CMT2A has been attributed in part to the different functional impact of multiple implicated MFN2 mutations: GTPase and coiled-coiled domain mutations tend to induce more severe and early onset disease whereas mutations in the carboxy terminal domain tend to have later onset and milder disease (Feely et al., 2011; Stuppia et al., 2015). However, even within family members having the same MFN2 mutation there can be inter-individual variability in disease manifestation and progression (Chung et al., 2006; Bombelli et al., 2014).

An unequivocal diagnosis of CMT2A requires genetic testing that identifies a causal MFN2 mutation in a suggestive clinical context. Disease severity and progress can be monitored by tests of neuromuscular integrity that reveal areflexia (from lower sensory-motor nerve damage), loss of vibratory and proprioceptive senses (Gemignani et al., 2004; Park et al., 2012), muscle weakness and atrophy (especially in the tibialis anterior muscle, resulting in foot-drop; Neves and Kok, 2011); neuroelectrophysiological testing shows normal nerve conduction velocity with reduced compound motor activation potentials (CMAP) (Harding and Thomas, 1980; Berciano et al., 2017). Histologically, there is loss of large myelinated fibers with partial regeneration, but normal myelin (Muglia et al., 2001; Verhoeven et al., 2006); neuronal and skeletal muscle mitochondria are abnormal on ultrastructural examination (Verhoeven et al., 2006; Sole et al., 2009).

Although the genetic cause of CMT2A is, by definition, mutational MFN2 dysfunction (Zuchner et al., 2004; Bombelli et al., 2014), the functional consequences linking MFN2 dysfunction to the cellular pathology underlying neuronal die-back and neuromuscular degeneration remain unclear (reviewed in Filadi et al., 2018). Mechanisms that have been proposed include: 1. Disrupted mitochondrial fusion and loss of fusion-related homeostatic repair (Chen and Chan, 2006; Pareyson et al., 2015); 2. Related interruption of mitochondrial-endoplasmic reticular communications that variably perturb calcium crosstalk and phospholipid/cholesterol synthesis (Larrea et al., 2019); 3. Dysregulated mitochondrial quality control with mitochondrial depletion or retention of cytotoxic senescent and damaged mitochondria (Rizzo et al., 2016; Filadi et al., 2018); and 4. Interrupted mitochondrial trafficking through neuronal axons (Baloh et al., 2007; Pareyson et al., 2015; Crunkhorn, 2018; Figure 1). While it seems likely that all of these mechanisms contribute in a combinatorial way to CMT2A neuromuscular disease, disrupted mitochondrial trafficking is particularly intriguing as a contributory mechanism because a transportation defect could explain why CMT2A preferentially affects the longest peripheral nerves innervating lower and upper limbs; travel delays have greater impact on long journeys.



IN VIVO PATHOPHYSIOLOGY PROVOKED BY HUMAN CMT2A MFN2 MUTANTS EXPRESSED IN MICE

Two CMT2A MFN2 mutants, MFN2R94Q and MFN2T105M, have been expressed in mice by various groups attempting to evoke features of peripheral axonopathy similar to the human condition. Both of these mutations are in the MFN2 GTPase domain, and expression of either dominantly inhibits mitochondrial fusion and induces mitochondrial clustering in fibroblasts (Detmer and Chan, 2007). It is notable that CMT2A MFN2 mutants induce phenotypes that recapitulate some features of human CMT2A (detailed below), whereas expressing wild-type (WT) MFN2 in the same experimental systems is well tolerated. Absence of pathology provoked by overexpressed WT MFN2 in mice suggests greater cell capacity to compensate for mitofusin gain of function than for mitofusin inhibition or gene deletion.

The first reported CMT2A MFN2 mutant mouse was developed in David Chan’s laboratory and used a motor-neuron specific HB9 promoter to drive expression of a bi-cistronic MFN2T105M/EGFP transgene in motor neurons (Detmer et al., 2008; Figure 2). Because H9B gene activity is highest during fetal development (Arber et al., 1999; Thaler et al., 1999), HB9-MFN2T105M transgene expression in these mice decreased after birth and was not detected from P10 (Detmer et al., 2008). Thus, these mice reflect developmental motor neuron phenotypes that are not reversible by perinatal extinction of pathological MFN2 mutant expression. Nevertheless, histological loss of motor neuron axons and mitochondrial dysmorphology with uneven distribution throughout axons were associated in homozygous transgenic mice with abnormal musculoskeletal hindlimb development and loss of tibialis anterior muscle mass. These developmental mouse phenotypes are not typical for human CMT2A in which the disease first manifests in early childhood. Additionally, early transgene extinction does not recapitulate the human genetic condition. Thus, the utility of these mice, which are no longer available, was limited.
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FIGURE 2. Technical and phenotypic characteristics of published CMT2A mouse models. Mutant MFN2 transgenes (squares) were expressed using systems shown in ovals. Resulting phenotypes are connected with arrows. References for each mouse are in parentheses.


A ROSA-targeted flox-stop transgene approach to MFN2T105M expression was more recently employed by David Pleasure to work around potential transgene insertion effects and avoid perinatal extinction of transgenes being driven by developmentally important gene promoters (Bannerman et al., 2016; Figure 2). A flox-stop MFN2 T105M transgene was knocked into the genetically safe mouse Rosa26 locus where its transcription is driven by the powerful hybrid CAG (CMV enhancer fused to chicken beta-actin) promoter. A loxP-flanked STOP cassette makes the MFN2 T105M transgene silent until Cre-recombination. Thus, tissue-specific MFN2T105M expression can be accomplished by combining the flox-stop transgene with a tissue-specific Cre. Crossing the MFN2T105M mice with nestin-Cre (expressed in neuroectoderm) provoked gait abnormalities and hind-limb muscle (i.e., soleus and tibialis anterior) muscle fiber atrophy with evidence for diminished mitochondria in nerve axons. Surprisingly, in the 10 weeks old male mice described, axon size and RotaRod latency (time before falling off a rotating cylinder, which measures neuromuscular functional integrity) were normal. The ROSA-STOP-(CAG-MFN2T105M) mice are available from The Jackson Laboratory (stock number 025322) and have also been used in combination with motor neuron-specific HB9-Cre to elicit mitochondrial hypomotility in sciatic nerve axons studied ex vivo (Rocha et al., 2018); an in vivo phenotype of the latter mice has not been reported.

MFN2R94Q was first expressed in mice by Chrast and Martinou using the neuron-specific enolase promoter, designated “MitoCharc” mice (Cartoni et al., 2010; Figure 2). Heterozygous (MitoCharc1) and homozygous (MitoCharc2) mice exhibited age-dependent (5 months) decreases in RotaRod latency with gait abnormalities, associated at 1 year with axons having smaller diameters and increased numbers mitochondria. In a follow-up study, diminished mitochondrial fusion, impaired mitochondrial-ER communication with induction of an ER stress response, and defective mitochondrial transport were all implicated in observed neuromuscular dysfunction. The heterozygous MitoCharc1 mice are available from The Jackson Laboratory (stock number 012812).

More recently, Robert Baloh transgenically expressed MFN2R94Q in mice using a Thy1 promoter that expresses in most neuronal cell types (Zhou et al., 2019; Figure 2). Compared to other CMT2A mouse models, this one exhibits a constellation of abnormalities that closely resembles neuromuscular pathology in human CMT2A. In functional studies, compared to both normal controls and WT MFN2 transgenic mice, MFN2 R94Q mice exhibited fewer rearing events on open field testing, decreased RotaRod latency, and diminished grip strength, all reflecting impaired motor function. Additionally, MFN2R94Q mice showed poor visual acuity by optokinetic testing, recapitulating retinal (sensory neuron) involvement sometimes seen in human CMT2A (Zuchner et al., 2006). Histological studies showed axon degeneration and atrophy with mitochondrial fragmentation and aggregation in the absence of mitophagy. Importantly, forced concomitant expression of WT MFN1 with MFN2R94Q prevented the CMT2A phenotypes, suggesting a role for the putative imbalance between MFN1 and MFN2 in CMT2A mitochondrial and neuromuscular defects. However, the notion that correcting an MFN isoform imbalance (and not simply restoring overall MFN expression/activity to more normal levels) evoked phenotypic rescue in this mouse requires that MFN2 expression fail to provide the same benefits as MFN1 expression. Although the MFN2 rescue mice were described, only a comparable rescue of body weight was reported; functional neuromuscular phenotyping of mice expressing WT MFN1 and MFN2R94Q is needed to address questions of MFN subtype effects. All three mouse strains in this study are available from The Jackson Laboratory (stock numbers 029745, 032728, and 033391).

Phenotypic heterogeneity in these CMT2A mice might be the consequence either of the different transgenic systems used to express mutant MFN2 (at different levels and in different neuronal subtypes) or to the different MFN2 mutants examined. Since the two versions of MFN2R94Q mice have different phenotypes, it is the author’s opinion that transgene system, rather than mutation identity, is likely the greatest source of experimental variability. An obvious work-around that can control for different transgene expression systems is to knock human CMT2A mutations into analogous positions within the mouse genome. Indeed, the knock-in approach has been used to insert MFN2R94Q into the mouse genome (Strickland et al., 2014). Heterozygous MFN2R94Q knock-in mice (i.e., that recapitulate the mono-allelic human condition) showed decreased open field movement, but other read-outs of motor dysfunction like RotaRod latency, grip strength, and beam traversing, were normal. Also there was no evidence for sensory neuron dysfunction in tests of thermal allodynia. Likewise, axon diameter and mitochondrial movement in dorsal root ganglion neurons were normal. By comparison, MFN2R94Q mice bred to homozygosity died from unidentified reasons within 24 h of birth. Thus, these MFN2 mutant knock-in mice have not recapitulated seminal characteristics of human CMT2A. The reasons why transgenic overexpression of MFN2R94Q evokes CMT2A-like phenotypes in mice whereas a knock-in of the same mutation failed to do so are not entirely clear. Since expression level is a critical determinant of dysfunction provoked by dominant inhibitory proteins, it is possible that mutant transgenes were simply expressed at higher levels than the knock-in mutant alleles.

Charcot-Marie-Tooth disease type 2A is typically a disease of long peripheral nerves. In the classical presentation CMT2A affected children do not manifest signs until the “toddler” stage or somewhat later. The disease then progresses during childhood and adolescence and stabilizes in young adulthood (Feely et al., 2011; Fridman et al., 2015). If one views these data as a function of patient size rather than age (which are obviously highly correlated during childhood), the disease is silent in smaller humans, progresses as they enlarge, and then stops progressing when growth stops. Viewed in the context of characteristic involvement of long nerves, disease progression as nerves elongate supports a physical dimension to disease manifestation. If this is correct, then mice may be resistant to knock-in attempts to provoke the human disease because even their longest nerves (sciatic and tail) are short in comparison with human peripheral nerves. MFN2 mutant knock-ins of larger animal models (rats, dogs, pigs, primates) would therefore be expected to more closely reproduce clinical CMT2A.



MFN-MEDIATED FUSION, MITOPHAGY, AND TRANSPORT IN DISEASE

As introduced above, it is widely accepted that mitochondrial fusion is essential to cell health. MFN1 and MFN2 are necessary for mitochondrial fusion, both as the initiators of enabling mitochondria-mitochondria tethering and as the mediators of outer membrane fusion. For these reasons, it is widely assumed that CMT2A, the prototypical disease of MFN dysfunction, is a disease of impaired mitochondrial fusion (Chan, 2012). Since MFN1 can generally substitute for MFN2 as a mitochondrial fusion factor (Detmer and Chan, 2007; Zhou et al., 2019), but only MFN2 mutations cause disease, it is worth exploring how impairment of other MFN2 functions might also contribute to pathological phenotypes.

The underlying rationale for defective mitochondrial fusion causing CMT2A is obvious: Mitochondrial fusion appears essential to the health of all tissues and cell types, independent of their mitochondrial density, morphology, or motility. Accordingly, complete abrogation of mitochondrial fusion by combined ablation of both MFN1 and MFN2 was detrimental to neurons that contain small, highly motile mitochondria (Chen et al., 2007), to cardiac and skeletal muscle that contain small, but stationary mitochondria (Chen et al., 2010, 2011; Song et al., 2015), as well as to fibroblasts whose mitochondria are elongated and interconnected into structurally pliable networks (Chen et al., 2003).

Mitochondrial fusion is an important mechanism by which mitochondrial content exchange maintains biochemical and genetic uniformity within the organelle collective. This process of “complementation” moderates the number and impact of mutations in the small mitochondrial genome (mtDNA) (Chan, 2012), which encodes 13 critical electron transport chain complex proteins essential to normal mitochondrial respiratory function (Chen et al., 2007, 2010, 2011). Moreover, the dynamic imbalance resulting from reduced mitofusin activity or expression, thus favoring mitochondrial fission over fusion, can lower the threshold for apoptotic programmed cell death (Frank et al., 2001; Sugioka et al., 2004). Given the apparent ubiquity and importance of mitochondrial fusion demonstrated in vitro and in multiple genetic mouse models, it seems paradoxical that in human patients the damaging effects of CMT2A-linked MFN2 mutations are restricted to distal neurons of the longest peripheral nerves. If the pathophysiology relates exclusively to impaired fusion, then one would predict that short and long nerves, and central and peripheral nerves, and other tissues with high mitochondrial density and metabolic demand (like cardiac and skeletal muscle), would all be affected. And if CMT2A is only caused by defective mitochondrial fusion, then severely damaging MFN1 mutations should also cause a CMT2A-like syndrome. It has been suggested that differences between MFN1 and MFN2 expression account for exclusivity of MFN2 mutations as causal factors in disease. Thus, if MFN2 is expressed in neuronal cells at levels far greater than MFN1, this could explain the unique role of MFN2 (Lee et al., 2012; Zhou et al., 2019). However, this notion has been difficult to validate at the protein level because of varying antibody affinities for the two mitofusins. Moreover, if increased MFN2/MFN1 expression is a specific feature of the neurons affected by CMT2A, it is hard to understand how this imbalance provokes CMT2A-induced neuronal damage that increases with distance from the spine, i.e., why within the same neuron the distal axon dies back, but the proximal axon and soma are spared. In this context it seems likely that other MFN2-mediated events, in addition to altered fusion, contribute to CMT2A.

Mitophagy, which shares some of the same protein mediators and can be co-regulated with apoptosis, can be considered as a form of “programmed mitochondrial death” (Whelan et al., 2012; Dorn and Kitsis, 2015). MFN2 plays a unique role in mitophagy compared to MFN1, and mitophagic dysfunction may also contribute to neuronal degeneration in CMT2A.

The classic mitophagy pathway is a mechanism for selective removal of irreparably damaged mitochondria from cells via the PINK1-Parkin pathway, as recently reviewed in detail (Dorn, 2016; Pickles et al., 2018). An in vivo role played by MFN2 as a signaling intermediate between mitochondrial PINK1 kinase and the cytosolic E3 ubiquitin ligase Parkin was described in neurons and cardiac myocytes (Lee et al., 2012; Chen and Dorn, 2013; Chen et al., 2014; Song et al., 2015, 2017). Briefly, nuclear-encoded PINK1kinase is translated in the cytosol and actively imported into mitochondria; in normal mitochondria PINK1 is immediately degraded via targeted proteolysis. Thus, healthy mitochondria contain little or no PINK1 protein. However, PINK1 degradation is suppressed in functionally impaired or damaged mitochondria, permitting PINK1 to accumulate. When present, PINK1 phosphorylates its many mitochondrial substrates, including at least three amino acids on MFN2 (Chen and Dorn, 2013; Rocha et al., 2018). MFN2 phosphorylation by PINK1 promotes MFN2-Parkin binding on the outer mitochondrial membrane, facilitating Parkin-mediated ubiquitination of one hundred or more mitochondrial outer membrane proteins (Sarraf et al., 2013). Ubiquitinated mitochondrial outer membrane proteins attract autophagosomes and stimulate autophagosomal engulfment of the damaged organelle, thus initiating mitophagy (Pickles et al., 2018).

PINK1-phosphorylated MFN2 is not only a “Parkin receptor,” but it loses the ability to promote mitochondrial fusion (Chen and Dorn, 2013; Rocha et al., 2018). This binary functional switching of MFN2 from mitochondrial fusion protein to mitophagy effector serves to sequester organelles destined for mitophagic elimination from fusing with healthy members of the mitochondrial collective, thus preventing “mitochondrial contagion” (Bhandari et al., 2014). In this context, it is reasonable to postulate that fusion-impaired MFN2 mutants could also be mitophagy-impaired. However, impaired mitophagy is not a feature of CMT2A. Indeed, both an in vitro study of iPSC-derived motor neurons derived from siblings harboring a MFN2A383V mutation (Rizzo et al., 2016), and an in vivo mouse study of MFN2R94Q (Zhou et al., 2019), suggest that mitophagy is either not changed or is increased in experimental CMT2A, perhaps as a compensatory reaction to respiratory dysfunction in fusion-defective organelles.

Mitochondrial transport requires organelle coupling via the ortholog of Drosophila Milton, Trak1, to dynein and kinesin, the molecular motors that move cargo along cell microtubular structures (Stowers et al., 2002). Because the Trak1-dynein/kinesin-microtubule pathway is a general mechanism for trans-cellular cargo transport, for mitochondria to be transported as the cargo a mitochondrial Trak1 binding protein Mitochondrial Rho GTPase 1 (Miro1) attaches and detaches mitochondria from the cell transport apparatus (Wang and Schwarz, 2009). By binding to Trak1, Miro1 protein located (along with MFN1 and MFN2) on outer mitochondrial membranes can attach the mitochondria to molecular motors of the transport apparatus, and release the mitochondria where cytosolic calcium levels are locally increased (Devine et al., 2016). Consistent with this mechanism, Miro-deficient cells have impaired mitochondrial transport (Lopez-Domenech et al., 2018).

Published data have implicated MFN proteins in mitochondrial transport, which could explain selective die-back of long peripheral nerves in CMT2A. However, a plausible molecular mechanism by which mitofusins engage the transport machinery has not been defined, and the relative roles of putative MFN- vs canonical Miro-driven mitochondrial trafficking are unclear. Evidence for diminished mitochondrial motility in neurons expressing CMT2A MFN2 mutants is inferential (Baloh et al., 2007; Misko et al., 2010; Rocha et al., 2018) and potentially explainable by indirect effects of impaired mitochondrial fusion (and resulting alterations in mitochondrial morphology, connectivity, and respiratory function) on mitochondrial motility. The observation that both mitofusins can interact with Miro proteins when the protein pairs are co-expressed (Misko et al., 2010) suggested direct interactions between MFN1 or MFN2 and the canonical Miro-Trak mitochondrial transport apparatus. Again however, because co-expressed proteins can participate in non-physiological promiscuous interactions, and co-immunoprecipitation may involve third unidentified protein partners, these types of co-IP studies do not prove either a naturally occurring or direct interaction between MFNs and Miros. Thus, while published associations between mutational or allelic loss-of-MFN function and mitochondrial dysmotility suggest that mitofusins somehow either regulate or help mediate mitochondrial transport, this notion requires unambiguous delineation of the causal molecular events in the context of endogenous proteins in relevant neuronal systems.



PHARMACOLOGICAL MITOFUSIN ACTIVATION AS A RESEARCH TOOL AND POTENTIAL CLINICAL THERAPEUTIC

Until recently the only way to interrogate mitofusin function was genetically, through gene deletion or overexpression of WT or mutant MFNs. Several years ago, Franco et al. described an MFN2-derived activating mini-peptide that, by competing with endogenous peptide-peptide interactions constraining MFN1 and MFN2 into closed “inactive” conformations, induced a more open and “active” conformation capable of promoting mitochondrial fusion (Franco et al., 2016). The MFN activator peptide is useful as a research tool for in vitro studies of MFN functioning (Zhou et al., 2019), but peptides are unwieldy as clinical therapeutics because they are expensive to produce, usually cannot be administered orally, and tend to be rapidly eliminated. Thus, Rocha et al. used rational design to develop small molecule peptidomimetics with even greater in vitro potency than the original mitofusin activating peptide: First, a minimally effective MFN activating peptide of 11 amino acids was identified. Then, alanine scanning was used to delineate the functionally important amino acids. Finally, a pharmacophore model was used to perform an in silico screen for commercially available compounds having similar structural characteristics as the function-critical agonist peptide amino acids. Biological screening of 55 such candidates identified two with detectable agonist activity and de novo synthesis of so-called “Franken-molecules” having different chemical moieties from these fusogenic compounds led to a first-in-class small molecule mitofusin agonist, Chimera B-A/l (Rocha et al., 2018). Chimera is a potent mitochondrial fusogen (EC50 3–5 nM) lacking activity for related dynamin-family proteins, which rapidly (<1 h) normalized mitochondrial transport in ex vivo sciatic nerve axons from CMT2A mice (Rocha et al., 2018). Because the pharmacokinetic and in vivo pharmacodynamic characteristics of Chimera B-A/l were not reported it is not clear whether this compound will prove useful in vivo as a treatment for CMT2A. Nevertheless, the possibility of using pharmacology, instead of or in addition to genetic manipulation, to understand the various roles played by mitofusins in cell biology and neurodegenerative disease adds to the existing research tool kit and may hold clinical promise.
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Runting and stunting syndrome (RSS), which is characterized by low body weight, generally occurs early in life and leads to considerable economic losses in the commercial broiler industry. Our previous study has suggested that RSS is associated with mitochondria dysfunction in sex-linked dwarf (SLD) chickens. However, the molecular mechanism of RSS remains unknown. Based on the molecular diagnostics of mitochondrial diseases, we identified a recessive mutation c. 409G > A (p. Ala137Thr) of Twinkle mitochondrial DNA helicase (TWNK) gene and mitochondrial DNA (mtDNA) depletion in RSS chickens’ livers from strain N301. Bioinformatics investigations supported the pathogenicity of the TWNK mutation that is located on the extended peptide linker of Twinkle primase domain and might further lead to mtDNA depletion in chicken. Furthermore, overexpression of wild-type TWNK increases mtDNA copy number, whereas overexpression of TWNK A137T causes mtDNA depletion in vitro. Additionally, the TWNK c. 409G > A mutation showed significant associations with body weight, daily gain, pectoralis weight, crureus weight, and abdominal fat weight. Taken together, we corroborated that the recessive TWNK c. 409G > A (p. Ala137Thr) mutation is associated with RSS characterized by mtDNA depletion in SLD chicken.

Keywords: runting and stunting syndrome, mitochondrial DNA depletion, TWNK, sex-linked dwarf chicken, liver


INTRODUCTION

Runting and stunting syndrome (RSS) in chicken generally occurs early in life and leads to considerable economic losses through decreased body weight, particularly in the commercial broiler industry (Kang et al., 2012). Previous studies have reported that genetic and environmental factors are responsible for the arrested development (Rebel et al., 2004; Zhang et al., 2015; Devaney et al., 2016). However, there are no effective commercial vaccines available to control this disease, mainly due to the fact that the etiology of RSS in chickens remains unknown. Our previous study has suggested that RSS is associated with mitochondria dysfunction in sex-linked dwarf (SLD) chickens, and we postulated that the mitochondrial dysfunction in RSS chickens is caused by nuclear gene mutations (Li et al., 2019).

Twinkle mitochondrial DNA helicase (TWNK) gene encodes Twinkle, which is pivotal for the replication process of mitochondrial DNA (mtDNA) and the maintenance of mtDNA integrity (Spelbrink et al., 2001; Tyynismaa et al., 2004). Twinkle is composed of a primase and helicase domain via a linker region: the primase activity initiates mtDNA replication and the helicase activity unwinds mtDNA for replication (Shutt and Gray, 2006). Similar to human mtDNA, chicken mtDNA encodes only 13 oxidative phosphorylation (OXPHOS) proteins, two rRNAs, and 22 tRNAs (Boore, 1999). Since the synthesis of mtDNA is essential for the subunits of OXPHOS proteins, insufficient mtDNA synthesis leads to organ dysfunction to trigger many syndromes in human (Spinazzola et al., 2009), such as mtDNA depletion syndromes (MDS), which are autosomal recessive disorders characterized by a reduction in mtDNA copy number in specific tissues (El-Hattab et al., 2017). A previous study has reported that an autosomal recessive mutation in TWNK is linked to MDS in human (Sarzi et al., 2007). However, mitochondrial diseases caused by nuclear gene mutations have not been reported in poultry.

Based on the molecular diagnostics of mitochondrial diseases, we selected four genes (POLG, TWNK, DGUOK, and MPV17) related to hepatocerebral MDS as our candidate genes (Graham, 2012). We identified a recessive mutation c. 409G > A (p. Ala137Thr) of TWNK gene and mtDNA depletion in RSS chickens’ livers from strain N301. Then, we analyzed the mutated Twinkle residues by multiple bioinformatics methods to investigate the possible consequences of the TWNK mutation in chicken. Furthermore, we overexpressed the wild-type TWNK (wt) and the TWNK A137T in vitro to verify their effect on mtDNA replication. Lastly, the association between TWNK c. 409G > A and the chicken’s economic traits of strain N301 was analyzed.



MATERIALS AND METHODS


Ethics Statement

All animal experiments in this study were performed according to the protocols approved by the South China Agriculture University Institutional Animal Care and Use Committee (approval number: SCAU#0017). All animal procedures followed the regulations and guidelines established by this committee and minimized the suffering of animals.



Chickens

To explore the molecular mechanism of RSS, three normal SLD chickens (II.4-6) in strain N301, at 7 weeks of age, were utilized as a control group, which was characterized by a T354C mutation in exon 5 of GHR as previously described (Ouyang et al., 2012), and three RSS-affected SLD chickens (II.1-3) in strain N301, at 7 weeks of age, were selected as an experimental group as our previous study described (Li et al., 2019). Meanwhile, their unaffected parents (I.1,2) were available for the study. All the experimental chickens described above grew slowly without any bacterial or viral infections and exhibited signs of RSS, including low body weight, uneven growth rate, poor performance, and reluctance to move. In addition, 339 normal SLD chickens in strain N301, at 13 weeks of age, were utilized to study the association between TWNK mutation and the chicken’s economic traits.



TWNK Sequence

Total DNA was extracted from liver tissues with a DNA tissue kit (Omega, United States) according to the manufacturer’s protocol. The DNA integrity and the concentration were determined using 1.5% agarose gel electrophoresis and a Nanodrop 2000c spectrophotometer (Thermo, United States). The amplified TWNK genomic was cloned by polymerase chain reaction (PCR) and sequenced. The primers utilized in PCR are shown in Table 1 and synthesized by Sangon Biotech (Shanghai, China).


TABLE 1. Primers for PCR analysis of TWNK genomic.
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Quantitative Real-Time PCR

Total RNA was extracted from liver tissues and cells with RNAiso reagent (Takara, Japan) according to the manufacturer’s protocol. The RNA integrity and the concentration were determined using 1.5% agarose gel electrophoresis and a Nanodrop 2000c spectrophotometer (Thermo, United States), respectively. cDNA was synthesized using PrimeScript RT reagent Kit (Takara, Japan) for quantitative real-time PCR (qRT-PCR). The MonAmpTM ChemoHS qPCR Mix (Monad, China) was utilized for qRT-PCR in a Bio-Rad CFX96 Real-Time Detection instrument (Bio-Rad, United States) according to the manufacturer’s protocol. Relative gene expression was measured by qRT-PCR twice for each reaction and nuclear gene β-actin was utilized as a control. The primers utilized in the qRT-PCR are shown in Table 2 and synthesized by Sangon Biotech (Shanghai, China).


TABLE 2. Primers for qRT-PCR analysis of TWNK and mtDNA copy number.
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Analysis of mtDNA Copy Number

Total nuclear DNA (nDNA) and mtDNA were extracted from liver tissues and cells with a DNA tissue kit (Omega, United States) according to the manufacturer’s protocol. The DNA integrity and the concentration were determined using 1.5% agarose gel electrophoresis and a Nanodrop 2000c spectrophotometer (Thermo, United States), respectively. The MonAmpTM ChemoHS qPCR Mix (Monad, China) was utilized for qRT-PCR in a Bio-Rad CFX96 Real-Time Detection instrument (Bio-Rad, United States) according to the manufacturer’s protocol. Relative mtDNA copy number was measured by qRT-PCR, which was performed twice for each reaction using specific primers for mtDNA tRNA-Leu gene and alternate primers for mtDNA rRNA-16S gene; a nuclear single-copy gene β2M was utilized as a control as shown in Table 2 and synthesized by Sangon Biotech (Shanghai, China).



Sequence Alignment and Prediction of Twinkle Structure

The evolutionary conservation of the chicken Twinkle protein was determined by amino acid sequence alignment with ClustalX (Larkin et al., 2007). The Twinkle sequence of different species was obtained from the NCBI database. The ProtParam tool at Expasy was utilized to analyze the physiological and the biochemical characters of wild-type and mutated Twinkle residues1 (Appel et al., 1994). The Protscale tool at Expasy was utilized to analyze the local hydrophobicity of wild-type and mutated Twinkle residues see footnote 1 (Zhang et al., 2009). The SOPMA was utilized to analyze the 2D structures of wild-type and mutated Twinkle residues2 (Geourjon and Deleage, 1995). The structure of the primase fragment of bacteriophage T7 primase–helicase protein (PDB 1NUI) was utilized to predict the 3D structural roles of wild-type and mutated Twinkle residues, which were modeled by PHYRE23 (Kelley and Sternberg, 2009). The SWISS-MODEL was utilized to display the 3D structures of wild-type and mutated Twinkle residues4 (Biasini et al., 2014).



Plasmid Constructs

The pcDNA3.1-TWNK-wt was generated by amplifying the TWNK coding sequence from the RNA of normal SLD chicken’s liver (II.6) by RT-PCR, which was subsequently cloned into the pcDNA3.1 vector (Promega, United States) through pMD18-T cloning vector (Takara, China) using the EcoRI and HindIII restriction sites. Then, specific primers for TWNK-mut F/R were utilized to generate the TWNK-A137T coding sequence by amplifying pMD18T-TWNK-wt using PCR, and the template was removed with DpnI enzyme (Invitrogen, United States) according to the manufacturer’s protocol. Then, the TWNK-A137T coding sequence was cloned into the pcDNA3.1 vector (Promega, United States) through pMD18T-TWNK-A137T, also using the EcoRI and HindIII restriction sites. All plasmid constructs were confirmed by Sanger sequencing. The primers utilized in vector construction are shown in Table 3 and synthesized by Sangon Biotech (Shanghai, China).


TABLE 3. Primers for vector construction of pcDNA3.1-TWNK wt and pcDNA3.1-TWNK A137T.

[image: Table 3]


Cell Culture

Chicken hepatoma (LMH) cells were cultured in high-glucose Dulbecco’s modified Eagle’s medium (Gibco, United States) with 20% fetal bovine serum (Hyclone, United States) and 0.2% penicillin/streptomycin (Invitrogen, United States). Chicken fibroblast (DF-1) cells were cultured in high-glucose Dulbecco’s modified Eagle’s medium (Gibco, United States) with 10% fetal bovine serum (ExCell Bio, China) and 0.2% penicillin/streptomycin (Invitrogen, United States). All cells were cultured at 37°C in 5% CO2-humidified atmosphere.



Transfection

The cells were plated in a culture plate and incubated overnight prior to the transfection experiment. The transfection was performed with the Lipofectamine 3000 reagent (Invitrogen, United States) following the manufacturer’s protocol, and nucleic acids were diluted in OPTI-MEM Medium (Gibco, United States). All cells were analyzed at 48 h after transfection.



Western Blot Analysis

Tissue and cellular protein were lysed by radio-immune precipitation assay buffer (Beyotime, China) with phenylmethane sulfonyl fluoride protease inhibitor (Beyotime, China), and the homogenate was centrifuged at 10,000 × g for 5 min at 4°C. The supernatant was collected and the protein concentration was determined immediately using a bicinchoninic acid assay protein quantification kit (Beyotime, China). The proteins were separated in 10% sodium dodecyl sulfate-polyacrylamide gel electrophoresis, transferred onto a polyvinylidene difluoride, and then probed with antibodies following standard procedures. The antibodies and their dilutions were utilized for western blot as follows: rabbit anti-Twinkle (bs-11775R; Bioss, China; 1:1,000), mouse anti-β-actin (3700S; CST, United States; 1:1,000), goat anti-rabbit IgG-HRP (YJ0189; Ylesa, China; 1:2,500), and goat anti-mouse IgG-HRP (YJ0188; Ylesa, China; 1:2,500).



Statistical Analysis

All the experiments were performed at least three times. The data are presented as means ± standard error of the mean (SEM). The statistical analyses were performed using Student’s t-test, and we considered p < 0.05 to be statistically significant (∗p < 0.05, ∗∗p < 0.01, and ∗∗∗p < 0.001). In addition, an analysis of the association between TWNK mutation and the chicken’s economic traits was performed using the SPSS19.0 software package (IBM Corporation, Armonk, NY, United States), and the genetic effects were analyzed according to the following mixed linear model:

[image: image]

where Y represented the dependent variable, and μ, Si, Hj, Gk, Fx, and Eijkx represented the population mean, fixed effect of sex, fixed effect of hatch, genotype effect, family effect, and random error, respectively.



RESULTS


Identification of the Recessive TWNK Mutation in Strain N301

First, we analyzed the body weight of RSS-affected SLD chickens (RSS chickens) and showed that the body weight of RSS chickens was significantly reduced by 27% compared with that of normal SLD chickens (Figure 1A), indicating the arrested development of the RSS chickens. Then, the TWNK genomic was analyzed by Sanger sequencing. We identified a TWNK homozygous missense variant NM_001031344.1: c. 409G > A in all RSS chickens (II.1-3), causing the missense change NP_001026515.1: p. Ala137Thr (Figure 1B). The normal SLD chickens were heterozygous (II.4, 5) for TWNK c. 409G > A (p. Ala137Thr) and homozygous (II.6) for wt alleles (Figure 1B). The appearance of RSS was consistent with recessive inheritance in strain N301 (Figure 1C).
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FIGURE 1. Identification of the recessive TWNK mutation. (A) The body weight of seven wt runting and stunting syndrome (RSS)-affected chickens and normal chickens. (B) Sanger sequencing of TWNK in RSS-affected chickens and normal chickens, and the missense TWNK mutation c. 409G > A (p. Ala137Thr) is showed in red. (C) The pedigree of the chickens in N301 strain; black symbols indicate RSS-affected chickens and open symbols indicate normal chickens. Data are presented as mean ± SEM. **p < 0.01.




Multiple Protein Sequence Alignment, Western Blot Analysis of the Twinkle, and Analysis of the Relative mtDNA Copy Number

We first investigated the evolutionary conservation of the chicken Twinkle protein by multiple sequence alignment and demonstrated that Ala137 is a conserved amino acid residue in poultry, but not existing in mammals (Figure 2A). We next utilized western blot to assess the expression of Twinkle in RSS chickens. Interestingly, we found that the expression of Twinkle in RSS chickens was significantly reduced compared with normal SLD chickens (Figure 2B), indicating that the TWNK missense variant c. 409G > A (p. Ala137Thr) might interfere with the expression of Twinkle. Considering that Twinkle is critical for the replication process of mtDNA, we also measured the relative mtDNA copy number by qRT-PCR. The results revealed that the relative mtDNA copy number for the RSS chickens was 56% lower than that for the normal SLD chickens as evaluated by the change of tRNA-Leu and 52% lower as evaluated by the change of rRNA-16S (Figure 2C).
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FIGURE 2. Multiple protein sequence alignment, western blot analysis of the Twinkle, and analysis of the relative mtDNA copy number. (A) Multiple protein sequence alignment of selected sequences from different species. The numbers above the alignment correspond to the amino acid position in the chicken protein sequence and the mutated residues are shown in red. (B) Western blots of the Twinkle from runting and stunting syndrome (RSS)-affected chickens and normal chickens using anti-Twinkle and anti-β-actin. (C) Relative mtDNA copy number in hepatocytes of RSS chickens and normal chickens as measured by the change in tRNA-Leu and rRNA-16S normalized to β2M. Data are presented as mean ± SEM. *p < 0.05, **p < 0.01.




Prediction of the Structural Roles of Mutated Twinkle Residues

To further explore the possible consequences of the TWNK mutation in chicken, we analyzed the mutated Twinkle residues by multiple bioinformatics methods. Firstly, several physiological and biochemical characters were altered in the mutated Twinkle residues (p. Ala137Thr) compared with the wt Twinkle residues as revealed by ProtParam analysis, including reduced molecular weight (Mw), instability index, aliphatic index, and GRAVY score (Figure 3A). The local hydrophobicity at and near the mutated amino acid Thr137 was reduced compared with that of the wt Twinkle residues as shown by ProtScale analysis, which was consistent with the result of GRAVY score (Figure 3B).
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FIGURE 3. Prediction of the mutated Twinkle residues’ structural roles. (A) The physiological and the biochemical characters of mutated Twinkle (p. Ala137Thr) and wt residues were analyzed by ProtParam tool at Expasy. (B) The local hydrophobicity of mutated Twinkle (p. Ala137Thr) and wt residues was analyzed by Protscale tool at Expasy. (C) The 2D structures of mutated Twinkle (p. Ala137Thr) and wt residues were modeled by SOPMA. (D) The structure of the primase fragment of bacteriophage T7 primase–helicase protein was utilized to predict the 3D structural roles of mutated Twinkle (p. Ala137Thr) and wt residues, which were modeled by PHYRE2 and displayed by SWISS-MODEL. The mutated Twinkle residues (p. Ala137Thr) were predicted to affect the interaction of the extended peptide linker of Twinkle primase domain.


Secondly, the 2D structures of wt and mutated Twinkle residues (p. Ala137Thr) were modeled by SOPMA. The results showed that the wt Twinkle residues contained 40.21% of alpha helices, 15.7% of extended strands, 4.04% of beta turns, and 40.6% of random coils (Figure 3C). However, the content of alpha helices near the mutated amino acid Thr137 was reduced compared with that of the wt Twinkle residues (arrows).

Thirdly, the 3D structures of wt and mutated Twinkle residues were modeled by PHYRE2 and displayed by SWISS-MODEL. According to the crystal structure of the primase fragment of bacteriophage T7 primase–helicase protein, Ala56 of the modeled template (gallus Ala137) forms an extended peptide linker of Twinkle primase domain (Figure 3D), which is essential for primer synthesis and connection of the N-terminal zinc-binding domain (ZBD) and C-terminal RNA polymerase domain (RPD) (Kato et al., 2003). The mutated amino acid Thr137 might affect the interaction of the extended peptide linker of Twinkle primase domain and further lead to insufficient mtDNA replication, thus causing mtDNA depletion in chicken.



Overexpression of TWNK wt Increases the mtDNA Copy Number in vitro

In order to verify the function of TWNK gene in chicken, we first examined the tissue expression profiles of TWNK and found a high expression in crureus and pectoralis (Figure 4A). Then, we overexpressed the TWNK wt in vitro to investigate the role of TWNK on mtDNA replication in chicken. Transfection efficiency was detected by qRT-PCR (Figures 4B,E) and the expression of Twinkle was detected by western blot in LMH and DF-1 cells (Figures 4C,F). In LMH cells, we found that the mtDNA copy number for the experimental group was 62% higher than that for the control groups as evaluated by the change of tRNA-Leu and 74% higher as evaluated by the change of rRNA-16S (Figure 4D). We also found the same results in DF-1 cells, indicating that the overexpression of TWNK increases the mtDNA copy number in chicken (Figure 4G).
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FIGURE 4. Overexpression of the TWNK increases the mtDNA copy number in vitro. (A) Relative TWNK mRNA expression in chicken tissues. Transfection efficiencies were measured by qRT-PCR at 48 h after transfection with TWNK overexpression in chicken hepatoma (LMH) cells (B) and DF-1 cells (E), respectively. The protein expression levels of Twinkle were measured by western blot at 48 h after transfection with TWNK overexpression in LMH cells (C) and DF-1 cells (F). The relative mtDNA copy number was measured by qRT-PCR at 48 h after transfection with TWNK overexpression in LMH cells (D) and DF-1 cells (G), respectively. The relative mtDNA copy number was represented by the change of tRNA-Leu and rRNA-16S normalized to β2M. Data are presented as mean ± SEM. *p < 0.05, **p < 0.01.




Overexpression of TWNK A137T Causes mtDNA Depletion in vitro

To further investigate the effect of the TWNK mutation on mtDNA replication in chicken, we overexpressed the TWNK A137T in vitro. The transfection efficiencies were detected by qRT-PCR in LMH and DF-1 cells (Figures 5A,D). Interestingly, we found that the overexpression of the TWNK A137T did not significantly alter the expression of Twinkle in vitro (Figures 5B,E). Furthermore, we found that the mtDNA copy number for the experimental group was 24% lower than that for the control group as evaluated by the change of tRNA-Leu and 33% lower as evaluated by the change of rRNA-16S in LMH cells (Figure 5C). The same results were also observed in DF-1 cells, demonstrating that the overexpression of the TWNK A137T causes mtDNA depletion in chicken (Figure 5F).
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FIGURE 5. Overexpression of the TWNK A137T causes mtDNA depletion in vitro. The transfection efficiency was measured by qRT-PCR at 48 h after transfection with TWNK A137T overexpression in chicken hepatoma (LMH) cells (A) and DF-1 cells (D), respectively. The protein expression levels of Twinkle were measured by western blot at 48 h after transfection with TWNK A137T overexpression in LMH cells (B) and DF-1 cells (E), respectively. The relative mtDNA copy number was measured by qRT-PCR at 48 h after transfection with TWNK A137T overexpression in LMH cells (C) and DF-1 cells (F). The relative mtDNA copy number was represented by the change of tRNA-Leu and rRNA-16S normalized to β2M. Data are presented as mean ± SEM. *p < 0.05, **p < 0.01.




Association Analysis Between TWNK c. 409G > A and the Chicken’s Economic Traits

Additionally, the association between TWNK c. 409G > A and the chicken’s economic traits of strain N301 was analyzed (Table 4). We found that the TWNK c. 409G > A showed significant associations with body weight, daily gain, pectoralis weight, crureus weight, and abdominal fat weight. For all traits, the value of the AA genotype was the lowest among the three genotypes. However, significance between GG and GA genotypes did not exist.


TABLE 4. Associated analysis between TWNK c. 409G > A and the chicken’s economic traits.
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DISCUSSION

In the past few years, most studies of chicken mitochondria have only focused on the origins, history, and adaptation of domestication (Zhou et al., 2014; Dyomin et al., 2017; Gao et al., 2017; Lan et al., 2017; Zhang et al., 2017). However, no studies have referred to the mitochondrial diseases caused by nuclear gene mutations in poultry. Here we identified a recessive mutation c. 409G > A (p. Ala137Thr) of TWNK in RSS chickens in strain N301.

Human MDS are generally classified as myopathic, encephalomyopathic, hepatocerebral, or neurogastrointestinal (El-Hattab and Scaglia, 2013). The mutations in many genes are associated with early onset hepatocerebral MDS, including POLG (Naviaux and Nguyen, 2004), TWNK (Sarzi et al., 2007), TK2 (Zhang et al., 2010), DGUOK (Mandel et al., 2001), and MPV17 (Wong et al., 2007). The manifestations of hepatocerebral MDS include arrested development, hypotonia, and failure to thrive. The analyses of liver histology typically show fatty degeneration and collapse of lobular architecture in patients. Meanwhile, the enzymatic activities of OXPHOS complexes and mtDNA copy number are reduced in the liver tissue. In our previous study, abnormal mitochondrial morphology and reduced enzymatic activity of OXPHOS (complexes I, II, III, and IV) along with mitochondrial dysfunction were observed in RSS chickens’ livers (Li et al., 2019), which are in agreement with the manifestations of human MDS caused by TWNK mutations (Hakonen et al., 2007; Sarzi et al., 2007; Vi et al., 2012; Prasad et al., 2013). Furthermore, the reduction of the mtDNA copy number to 60–65% of the controls is normally utilized as a diagnosis of MDS (Nogueira et al., 2014). Our present study also showed that the relative mtDNA copy number for RSS chickens was 56 and 52% lower than that for the normal chickens, as evaluated by the change in tRNA-Leu and rRNA-16S, respectively. On the basis of the abovementioned results, it can be suggested that RSS is a kind of MDS caused by TWNK mutation in poultry.

It is difficult for us to understand and predict the functional impact of Twinkle variants due to the absence of TWNK-related studies in poultry. Twinkle primase domain is composed of ZBD and RPD; the ZBD interacts with the DNA template during primer synthesis and the RPD forms RNA polymerases (Kato et al., 2003). However, the primase domain of metazoan Twinkle lacks the critical residues for primase function and does not have primase activity in vitro (Harman and Barth, 2018). It was reported that several recessive mutations in Twinkle primase domain can lead to MDS in human (Hakonen et al., 2007; Hartley et al., 2012; Vi et al., 2012). These mutations in the Twinkle primase domain may disturb the function of primase domain to localize the helicase to its target, which is an essential process of initiating mtDNA replication. In this study, altered physiological and biochemical characters and 2D structure were also observed in the mutated Twinkle residues (p. Ala137Thr) compared with the wt Twinkle residues. Furthermore, we demonstrated that the mutated amino acid Thr137 is located on the extended peptide linker the of Twinkle primase domain. Above all, we postulated that the mutated amino acid Thr137 might affect the interaction of the extended peptide linker of the Twinkle primase domain and further impact on the function of Twinkle in chicken.

Therefore, we next overexpressed the TWNK wt and the TWNK A137T in vitro to verify their effect on mtDNA replication. Previous studies have reported that the overexpression of Twinkle increases the mtDNA copy number to alleviate the condition of several mammalian disorders, including genotoxic stress of cardiomyocytes caused by reactive oxygen species, cardiac rupture after myocardial infarction, and heart failure induced by volume overload (Pohjoismaki et al., 2013; Ikeda et al., 2015; Inoue et al., 2016). Our results are consistent with these findings which show that the overexpression of TWNK increases the mtDNA copy number in LMH and DF-1 cells. Also, there is evidence that the overexpression of dominant disease variants of Twinkle in cultured human or Schneider cells results in stalled mtDNA replication or depletion of mtDNA (Wanrooij et al., 2007; Yuichi and Kaguni, 2007; Goffart et al., 2009). Our results are also in line with these demonstrations that the overexpression of the TWNK A137T reduces the mtDNA copy number in LMH and DF-1 cells, which emulate the disease state of RSS in poultry. However, it is worth noting that the overexpression of the TWNK A137T did not significantly alter the expression of Twinkle in vitro. We argued that the mutated Twinkle residues might be unstable, leading to less Twinkle available for mtDNA replication, or the mutated amino acid Thr137 might inhibit the efficiency of the combination between its downstream amino acid residues and anti-Twinkle (immunogen range: 510-650/684).

Taken together, we corroborated that the recessive TWNK c. 409G > A (p. Ala137Thr) mutation is associated with RSS characterized by mtDNA depletion in SLD chicken.
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FOOTNOTES

1
https://web.expasy.org/protparam/

2
http://npsa-pbil.ibcp.fr/cgi-bin/npsa_automat.pl?page=npsa_sopma.html

3
http://www.sbg.bio.ic.ac.uk/phyre2/html/page. cgi?id=index

4
https://swissmodel.expasy.org/
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Alcohol consumption leads to the dysfunction of multiple organs including liver, heart, and skeletal muscle. Alcohol effects on insulin resistance in liver are well evidenced, whereas its effects in skeletal muscle remain controversial. Emerging evidence indicates that alcohol promotes adipose tissue dysfunction, which may induce organ dysregulation. We show that consumption of ethanol (EtOH) reduces the activation of 5′AMP-activated protein kinase (AMPK) and mammalian target of rapamycin (mTOR) as well as the protein of carnitine palmitoyltransferase 1 (CPT1) and glucose transporter type 4 (GLUT4) in C2C12 myotube. We observed that chronic EtOH consumption increases free fatty acid levels in plasma and triglyceride (TG) accumulation in skeletal muscle and that these increases induce insulin resistance and decrease glucose uptake. Hence, ethanol dysregulates metabolic factors and induces TG accumulation. We found peroxisome proliferator-activated receptor β/δ (PPARδ) activation recovers AMPK activation and increases carnitine-acylcarnitine translocase (CACT) protein. These effects may contribute to enhance mitochondrial activation via uncoupling protein 3 (UCP3) when fatty acids are used as a substrate, thus reduces EtOH-induced increases in TG levels in skeletal muscle. In addition, PPARδ activation recovered EtOH-induced loss of protein kinase B (AKT) phosphorylation at serine 473 via rapamycin-insensitive companion of mammalian target of rapamycin (Rictor) activation. Importantly, PPARδ activation enhanced mitochondrial uncoupling via UCP3. Taken together, the study shows PPARδ enhances fatty acid utilization and uncoupled respiration via UCP3 and protects against EtOH-induced lipotoxicity and insulin resistance in skeletal muscle.
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INTRODUCTION

Body metabolic homeostasis is tightly regulated by the liver-adipose tissue-skeletal muscle axis, which importantly regulates the storage, synthesis, and consumption of energy substrates, and thus, disruption of this axis may cause various metabolic diseases. White adipose tissue (WAT) plays roles in lipid storage and release according to supply and demand. However, it has been shown that alcohol abuse disrupts these functions (Zhong et al., 2012) and causes the developments of liver diseases such as steatosis, steatohepatitis, and fibrosis (Gao and Bataller, 2011; Zhang et al., 2017). Skeletal muscle is a primary site for glucose disposal and storage, and insulin resistance in muscle is fundamental to the metabolic dysregulations associated with obesity and physical inactivity. It is well known that excessed fatty acid accumulation in peripheral tissue with high metabolic active may cause metabolic dysregulation of glucose, known as insulin resistance due to glucose fatty-acid cycle, and the previous study has shown that glucose transporter type 4 (GLUT4), a rate-limiting factor for glucose uptake, in mice skeletal muscle is decreased by long-term high-fat diet (Koh et al., 2019b). Hence, it is possible alcohol abuse causes insulin resistance in skeletal muscle by disrupting lipid homeostasis in adipose tissues. However, it is not known how metabolic dysregulation of the skeletal muscle-adipose tissue axis caused by chronic alcohol abuse induces insulin resistance and metabolic disorder in skeletal muscle.

It has been shown that excessive alcohol consumption disrupts the regulation of protein synthesis, which may induce muscle atrophy and lower contents of metabolic enzyme. Mammalian target of rapamycin (mTOR) is signaling factor for protein synthesis, lipid, and glucose metabolism (Mao and Zhang, 2018). Since previous studies have shown that alcohol abuse decrease mTOR pathway, insulin signaling factors and various enzymes for glucose uptake and fatty acid oxidation could be reduced in skeletal muscle. Furthermore, incomplete β-oxidation via lower enzyme and high reactive oxygen species (ROS) via mitochondrial dysfunction induced by exceed fatty acid accumulation is also one of the cause to lower glucose uptake via insulin resistance (Koh et al., 2019b). Indeed, excessive H2O2 release from mitochondria caused by a high-fat diet results in insulin resistance (Anderson et al., 2009). Therefore, metabolic dysregulation of adipose tissue induced by long-term alcohol consumption may downregulate glucose uptake in skeletal muscle by lowering insulin sensitivity via various pathways including mitochondrial dysfunction and increased ROS.

Peroxisome proliferator-activated receptors (PPARs) are a family of nuclear receptors and transcription factor; three isoforms (α, β/δ, or γ) are expressed in skeletal muscle. Since PPARβ/δ (PPARδ) is the predominant isoform that regulates fatty acid oxidation (Dressel et al., 2003; Tanaka et al., 2003; Wang et al., 2003) and that is essential to maintain a normal level of mitochondria (Koh et al., 2017) and GLUT4 in skeletal muscle (Koh et al., 2019a), we speculated that PPARδ is one of the candidates to improve the metabolism in skeletal muscle against lipid dysregulation due to alcohol abuse. The previous study has shown that PPARδ can be activated by GW501516 (GW; a PPARδ receptor agonist) that a key feature is the induction of skeletal muscle glucose and fatty acid metabolism as well as antioxidant expression (Fan et al., 2017).

Hence, we sought to determine whether GW treatment in mice or C2C12 myotubes can increase fatty acid utilization and mitochondrial respiration, and prevent ethanol (EtOH)-induced insulin resistance in muscle of mice. We further investigated whether various PPARδ-influenced molecular pathways affect insulin sensitivity and oxidative stress in skeletal muscle. The mechanistic insights provided offer potential therapeutic approaches to counteract insulin resistance in skeletal muscle induced by alcohol abuse.



MATERIALS AND METHODS


Animal Study

All institutional and governmental regulations regarding the ethical use of were complied with during this study, which was approved by the Institutional Animal Care and Use Committee of Yeungnam University (YUMC-AEC2018-034). Male ICR mice weighing ∼28 g and C57BL6 mice weighing ∼20 g were purchased form Koatech (Gyeonggi, South Korea), ICR mice were used to analyze lipid profile and histochemistry in adipose tissue, and C57BL6 mice were used to determine circulating glucose disposal and molecular phenotype in skeletal muscle. Mice were housed under a 12:12-h light/dark cycle and provided a chow diet and water ad libitum. GW501516 (GW) was administered in diet at 40 mg/kg, and 5% EtOH was administered ad libitum for 5 weeks.



Cell Lines

C2C12 mouse cells were purchased from ATCC (cat. no. CRL-1772; Manassas, VA, United States), and cell study was performed as previously described (Koh et al., 2019a). Briefly, cells were maintained in 5% CO2 at 37°C and grown in DMEM (Sigma-Aldrich, St. Louis, MO, United States) containing 10% fetal bovine serum (Sigma-Aldrich, St. Louis, MO, United States), penicillin (100 U/ml), and streptomycin (100 μg/ml) (Thermo Fisher Scientific, Waltham, MA, United States). C2C12 cells were differentiated into myotubes by changing the medium to 2% horse serum (Thermo Fisher, Waltham, MA, United States) containing penicillin (100 U/ml) and streptomycin (100 μg/ml) (Thermo Fisher, Waltham, MA, United States); 50 mM or 30 mM of EtOH was treated in myotubes.



Plasmid Transfection

We used pcDNA 3.1-Myc-PPARδ vector, which was constructed as previously described (Koh et al., 2019a). HyPer-mito (Evrogen, Moscow, Russia), which is a sensor to detect mitochondrial hydrogen peroxide (H2O2), is a fluorescent protein and was gifted by Dr. Dong-Hyung Cho at Kyungpook National University, South Korea. pcDNA 3.1-empty vector and Myc-PPARδ vector were transfected using Lipofectamine 2000 (Thermo Fisher, Waltham, MA, United States).



Plasma Free Fatty Acid and Triglyceride Concentrations

Plasma free fatty acid and triglyceride concentrations were measured using a kit obtained from Waco Chemicals (Richmond, VA, United States).



Adipose Tissue Staining

Adipose tissues were fixed with 10% formalin solution, embedded in paraffin blocks, and sectioned at 4 μm. Hematoxylin and eosin and Masson’s trichrome staining were performed using standard methods. Digital images were captured using an Aperio CS digital pathology slide scanner (Leica, Germany). Adipocyte size was analyzed using the ImageJ program (NIH, Bethesda, MD, United States).



Intraperitoneal Glucose Tolerance Testing (IPGTT)

After 5 weeks of EtOH with or without GW or saline treatment, mice were fasted overnight, and blood samples were collected from a tail vein to determine basal blood glucose levels. We performed IPGTT as previously described (Shin et al., 2019). Briefly, glucose (1.5 g/kg body weight) was injected intraperitoneally, and blood samples were collected at 15, 30, 60, 90, and 120 min. Blood glucose levels were measured using OneTouch blood glucose meters (LifeScan Europe, Switzerland).



Triglyceride Measurement

Muscle triglyceride concentrations were determined by extracting total lipids from clamp-frozen muscle samples using chloroform-methanol (2:1 vol/vol), as described by Folch et al. (1957). After separating chloroform and methanol-water phases and phospholipid removal, samples were processed using Frayn and Maycock’s modification (Frayn and Maycock, 1980) of the Denton and Randle method (Denton and Randle, 1967). Triglycerides were quantified spectrophotometrically using an enzymatic assay kit (Waco Chemicals, Richmond, VA, United States).



2DG-Glucose Uptake

Glucose uptake by myotubes was determined using 14C-2-deoxy-D-glucose (2DG, PerkinElmer Life and Analytical Sciences, United States). The glucose uptake method described below has been reproduced in part from the previous study (Shin et al., 2019). Briefly, myotubes were fasted for 2 h in serum-free medium, treated with insulin (100 nM) for 1 h, 14C-2DG was then added to each well, and 20 mM cytochalasin B was added to control cells. Cells were lysed with 60 mM NaOH and insulin-stimulated myotube glucose uptakes were determined using a Liquid Scintillation Analyzer (PerkinElmer).



Insulin Sensitivity

Myotubes were fasted for 2 h in serum-free medium containing insulin (100 nM) for 1 h and then harvested to evaluate AKT activation.



Western Blot Analysis

Western blots were performed as previously described (Koh et al., 2019a). Briefly, frozen tissues were powdered and then homogenized at 15:1 (vol/wt) in ice-cold RIPA buffer supplemented with protease inhibitor cocktail (Thermo Fisher Scientific, Houston, TX, United States). Protein contents were measured using a DC-protein assay kit (Bio-Rad). The antibodies used were as follows: AMPK (cat. no. 2793), phospho-AMPK (pAMPK; cat. no. 2541), mammalian target of rapamycin (mTOR; cat. no. 2972), phosphor-mTOR (p-mTOR; cat. no. 2971), regulatory associated protein of mTOR (Raptor; cat no. 2280), phosphor-Ser792-Raptor (p-Raptor; cat. no. 2083), rapamycin-insensitive companion of mammalian target of rapamycin (Rictor; cat. no. 2114), phosphor-Thr1135-Rictor (p-Rictor; cat. no. 3806), phosphor-Thr308-Akt (pT308-Akt; cat. no. 13038), phosphor-Ser473-Akt (pS473-Akt; cat. no. 4060), and Akt (cat. no. 2920) from Cell Signaling Technologies (Danvers, MA, United States); all Cell Signaling antibody were diluted 1:1,000. Superoxide dismutase 2 (SOD2; cat. no. sc-137254. 1:500 dilution) and carnitine palmitoyltransferase (CPT1; cat. no. 393070, 1:1,000 dilution) were from Santa Cruz Biotechnology. β-actin (cat. no. A5441, 1:1,000 dilution) was from Sigma Aldrich (St. Louis, MO, United States). Long-chain acyl-CoA dehydrogenase (LCAD; cat. no. ab196655, 1:1,000 dilution) and glucose transporter type 4 (GLUT4; cat. no. ab-654, 1:1,000 dilution) were from Abcam (Cambridge, MA, United States). Citrate synthase (CS; cat. no. CISY11-A, 1:5,000 dilution) was from Alpha Diagnostics (San Antonio, TX, United States). ATP synthase (cat. no. 459240, 1:5,000 dilution), succinate ubiquinone oxidoreductase (SUO; cat. no. 459200, 1:5,000 dilution), and NADH ubiquinone oxidoreductase (NUO; cat. no. 459210, 1:5,000 dilution) were from Thermo Fisher Scientific (Waltham, MA, United States). Uncoupling protein 3 (UCP3; cat. no. 10750-AP, 1:1,000 dilution) and carnitine-acylcarnitine translocase (CACT; cat. no. 19363-AP, 1:1,000 dilution) were from Proteintech (Rosemont, IL, United States).



Hydrogen Peroxide Emission Analysis

We performed hydrogen peroxide emission analysis as previously published (Koh et al., 2019b). Briefly, palmitate or saline treated PPARδ or empty vector (EV) myotubes in 75 t flasks were washed with DPBS and suspended in 0.25% trypsin-EDTA medium. Myotubes were then centrifuged, re-suspended in respiration medium [105 mM K-MES, 30 mM KCL, 10 mM KH2PO4, 5 mM MgCl2-6H2O, 5 mg/ml BSA] pH 7.4 supplemented with 1 mM EGTA (pH 7.3)] including 10 mM Amplex Red, horseradish peroxidase 1 U/ul, superoxide dismutase 10 U/ul, and treated with 500 μg/ml digitonin (∼50% TLC, Sigma, St. Louis, United States) to permeabilize membranes. Glutamate (5 mM, 2 mmol/L) and malate (1 mmol/L) were then added to stimulate H2O2 production under state 4 respiration conditions. A fluorolog 3 (Horiba Jobin Yvon, Edison, Piscataway, NJ, United States) spectrofluorometer was used to monitor Amplex Red (Invitrogen, Carlsbad, United States) oxidation in myotubes.



Mitochondria Isolation

Fresh tissues were homogenized in first isolation buffer containing 10 mM EDTA, 215 mM D-mannitol, 75 mM sucrose, 20 mM HEPES, and 0.1% free-fatty acid BSA (pH 7.4) using Potter-Elvehjem tissue homogenizer and then centrifuged at 700 g for 10 min at 4°C followed by transfer supernatant to new microcentrifuge tube. The supernatant was centrifuged at 10,500 g for 10 min, then supernatants were discarded and pellets (mitochondria) were resuspended in 100 μl of second isolation buffer [3 mM EDTA, 215 mM D-mannitol, 75 mM sucrose, 20 mM HEPES, and 0.1% free-fatty acid BSA (pH 7.4)].



Mitochondria Oxygen Consumption

Mitochondrial oxygen consumption was assessed using an Oxytherm System (Hansatech Instruments), as previously described (Finlin et al., 2018). Briefly, mitochondria were added to the Oxytherm chamber containing 500 μl of mitochondrial respiration buffer (125 mM KCl, 2 mM MgCl2, 2.5 mM KH2PO4, 20 mM HEPES, pH adjusted to 7.2) at 37°C under constant stirring. Complex I-driven respiration was initiated by adding pyruvate/malate (5 mM and 2.5 mM, respectively) or palmitoyl-carnitine/malate (5 mM and 2.5 mM, respectively) followed by ADP (to 300 μM in 2 steps) to induce State 3 respiration. ATP synthase activity was then inhibited by adding 2.5 μM oligomycin to induce State 4 respiration. Finally, maximum respiration was measured in the presence of 10 μM trifluoromethoxy carbonylcyanide phenylhydrazone (FCCP). OCRs were determined and expressed as nanomoles/min. Mitochondrial respiratory uncoupling via UCP3 was calculated as the difference between State 3 respiration (with FFA as substrate) and State 4 respiration (induced by oligomycin).



RESULTS


EtOH Increased Lipolysis in Adipose Tissue, Induced Triglyceride (TG) Accumulation, and Dysregulated Fatty Acid Oxidation in Skeletal Muscle

To test the effects of chronic alcohol consumption, mice consumed 5% EtOH for 4 weeks. Food intake was lower in EtOH consumption mice than control (Figure 1A), but water consumption was higher (min–max; 138–152 per 4 weeks) in 5% EtOH consumption group than control (min–max; 174–195 per 4 weeks) (Figure 1B). EtOH treatment did not changes body weights (BW, Figure 1D) because no difference of total calorie intake (Figure 1C). EtOH consumption slightly decreases visceral fat weight (Figure 1E) but significantly increased plasma free fatty acid (FFA) levels as compared with controls (Figure 1H). Since the source the increased FFA observed in plasma was adipose tissue, we examined epididymal adipocyte sizes by hematoxylin-eosin staining. Representative sections showed that area of adipocytes in 5% EtOH consumption mice were significantly smaller than in controls (Figures 1F,G). We also found EtOH consumption increased the activation of hormone sensitive lipase in rats (Supplementary Figure S1). Furthermore, we observed that triglyceride (TG) levels in mouse skeletal muscle (Figure 1K) and liver (Figure 1J) were higher than in controls, but not plasma TG (Figure 1I). These results show 5% EtOH consumption induced the accumulation of TG in skeletal muscle and that this accumulation might be associated with elevated FFA level resulted from increased lipolysis in adipose tissue.


[image: image]

FIGURE 1. Chronic alcohol consumption released fatty acids from adipose tissue and increased triglyceride accumulation in mouse skeletal muscle. (A) Food intake (n = 6 mice), (B) Water consumption (n = 6 mice), and (C) Total calorie intake (n = 6). Values are means ± SE. *P < 0.05. Significance was determined using the student’s t-test. (D) 5% EtOH consumption did not affect body weights (n = 6 animal/group). (E) Visceral fat weights (n = 6 tissue/group). (F) Sections of epididymal white adipose tissue from mice after treatment with water or 5% EtOH. (G) Adipocyte area was quantified from section of adipose tissue. Values are means ± SE. ****P < 0.0001. Significance was determined using the student’s t-test. (H) EtOH consumption increased plasma free fatty acid levels (FFA) (n = 6 plasma/group). Values are means ± SE. *P < 0.05. Significance was determined using the student’s t-test. (I) Plasma triglyceride (TG) level (n = 6 plasma samples/group). (J,K) EtOH consumption increased liver and skeletal muscle TG levels (n = 6 tissue samples/group). Values are means ± SE. *P < 0.05 versus non-treated controls. Significance was determined using student’s t-test. (G) H&E staining was used to determine adipocyte sizes at different EtOH concentrations.




EtOH Downregulated Metabolic Enzymes and Signaling Factor in C2C12 Myotubes

We next studied whether EtOH directly influences various metabolic enzymes and signaling factors related to fatty acid and glucose metabolism using C2C12 myotubes. Western blotting was used to assess AMPK, mTOR, CPT1, GLUT4, and SOD2 protein. It has been documented that AMPK, a cellular energy sensor, clearly link to muscle glucose uptake (Koh et al., 2019a) and metabolism (Gan et al., 2011) as well as fatty acid oxidation and mitochondrial biogenesis (O’Neill et al., 2013). We found that AMPK is significantly decreased by 50 mM EtOH in myotubes. Muscle-specific CPT1 knockout mice have been shown to exhibit low levels of fatty acid oxidation and increased lipid accumulation in the muscle (Wicks et al., 2015), these exceed fatty acid accumulation results in a decrease in GLUT4 content (Koh et al., 2019b), as expected, CPT1 and GLUT4 in myotubes were decreased by 50 mM EtOH treatment (Figure 2A). However, since the myotubes were incubated with high glucose, fatty acid may not be accumulated much in the myotubes by EtOH treatment, and thus, it appears that GLUT4 protein synthesis was inhibited by lack of mTOR signaling induced by 50 mM EtOH (Figure 2A), furthermore, ROS can also affect the protein degradation (Kocha et al., 1997), therefore, it is possible that 50 mM EtOH may decrease GLUT4 content via lack of mTOR signaling and/or ROS. Cellular energy metabolism is tightly regulated by substrate concentrations and signaling intensity, and thus, we studied the temporal effects of a lower concentration of EtOH (30 mM). We observed that this lower concentration slightly decreased the phosphorylation of AMPK. However, GLUT4, phosphorylated mTOR, Raptor, and Rictor amount in myotubes exposed to this lower concentration were significantly diminished after 6 h of treatment and then gradually recovered (Figures 2B–G), presumably because almost all of the ethanol appeared to have been metabolized at 48 h. These results suggest EtOH toxicity can directly downregulate signaling related to energy metabolism and protein synthesis even lower amount EtOH (Figure 2).
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FIGURE 2. EtOH directly downregulated pAMPK, CPT1, GLUT4, and p-mTOR content in myotubes. (A) Protein content of the key metabolic factors, AMPK, CPT1, GLUT4, and mTOR, and of the antioxidant SOD2 was measured in myotubes exposed to 50 mM EtOH for 24 h (n = 6 myotubes/group). Values are means ± SE. *P < 0.05 versus non-treated controls. Significance was determined using the student’s t-test. (B–G) Protein content of AMPK, CPT1, GLUT4, mTOR, Raptor, and Rictor in myotubes was measured after exposure to 30 mM EtOH for different times (n = 6 myotubes/time point). Values are means ± SE. *P < 0.05 and ***p < 0.001 versus baseline. Significance was determined using one-way ANOVA.




PPARδ Restored Lower Glucose Disposal Rate Induced by EtOH via mTORC2/S473-AKT and GLUT4

PPARδ activation has shown to increase fatty acid oxidation (Fan et al., 2017) and PPARδ overexpression has been reported to increase glucose uptake (Koh et al., 2019a). Since acute 5% EtOH consumption reduces metabolic regulation factors related to PPARδ including pAMPK, CPT1, and GLUT4 (Figure 2), we speculated that PPARδ can directly or indirectly involved in metabolic disorder by chronic alcohol consumption. We observed mice treated with 5% EtOH for 5 weeks had significantly higher TG levels in muscle tissue than controls, but GW plus 5% EtOH treated mice had lower TG levels than 5% EtOH treated mice (Figure 3A). IPGTT results showed the circulating glucose disposal rate in 5% EtOH treated mice was lower than in non-treated controls, but that co-treatment with GW maintained glucose disposal rates in 5% EtOH treated mice at the non-treated control level (Figures 3B,C). Since skeletal muscle responsible for approximately 80% of insulin-mediated glucose uptake in the postprandial state (Thiebaud et al., 1982), we tested insulin sensitivity in mouse muscle cells according to the treatment of EtOH and GW (Figures 3D–G). We found that glucose uptake induced by insulin in EtOH 30 mM treated myotubes was significantly lower than in saline treated myotubes (Figure 3H). However, PPARδ overexpression in myotubes significantly increased glucose uptake level in both of insulin dependent and independent manner (Figure 3H). To identify whether the mechanism responsible for this glucose uptake was regulated by EtOH or PPARδ, we examined AKT signaling induced by insulin. It was found 30 mM EtOH did not interrupt insulin-induced threonine 308 AKT (t308-AKT) signaling, and that insulin-induced increases in t308-AKT occurred in PPARδ overexpressing myotubes (Figures 3D,E). In contrast, serine 473 AKT (S473-AKT) phosphorylation was inhibited by EtOH, and this effect was reversed by PPARδ (Figures 3F,G). We found PPARδ accelerated the normalization of Rictor (Figure 3I) but not Raptor activation in EtOH exposed-myotubes (Figure 3J).
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FIGURE 3. PPARδ activation attenuated EtOH-induced fat accumulation and insulin resistance in mouse skeletal muscle. (A) TG levels in skeletal muscle of GW, GW plus EtOH, EtOH consumed mice (n = 6 muscles/group). (B,C) Blood glucose disposal capacities were measured using the intra-peritoneal glucose tolerance test (IPGTT) (n = 6/group). (D–H) AKT signaling and glucose uptakes were measured in EV or PPARδ overexpressing myotubes treated with saline or EtOH (n = 6 myotubes/group). (I,J) Activation of Rictor and Raptor was measured time dependently in EtOH and PPARδ overexpressing myotubes (n = 6 myotubes/group). (K) GLUT4 was measured in EV or PPARδ overexpressing myotubes treated with saline or EtOH (n = 6 myotubes/group). Values are means ± SE. Significance was determined using two-way ANOVA with Tukey’s correction. *p < 0.05, **P < 0.01, and ***P < 0.001.


We also observed that EtOH did not decrease GLUT4 protein content after 24 h of treatment of EtOH same as Figure 2D; however, PPARδ overexpression in myotubes increased GLUT4 protein amount regardless of EtOH and saline treatment (Figure 3K). Together, these results suggest the effects of PPARδ including the restoration of insulin mediated-lower S473-AKT signaling and increase GLUT4 protein content may affect insulin-stimulated glucose disposal rate in blood.



PPARδ Activation Induced Mitochondrial Respiration Uncoupling in Skeletal Muscle

We were curious that PPARδ activation can induce modification of the mitochondrial respiration chain to protect cellular against metabolic disorder induced by EtOH. We tested oxygen consumption rates in mitochondria extracted from the muscles of EtOH and/or GW treated mice, and found neither EtOH nor GW influenced mitochondrial respiration (Figures 4A–C) or respiration control ratio [RCR, indicator of the coupling state of mitochondria (Rhein et al., 2010)] (Figure 4D) when pyruvate and malate (PM) was used as a substrate. However, state 4 (Figure 4F) and maximal oxygen respiration (Figure 4G) of mitochondria from EtOH plus GW and from GW treated mice were higher than in non-treated controls when palmitoyl-carnitine and malate (PCM) was used as substrate. We also found coupling efficiency in mitochondria from GW treated mice was lower than in non-treated control mice when PCM was used as substrate (Figure 4H). Next, we sought to determine potential mechanisms by which GW influences mitochondrial respiration. Contrary to that observed in the cell study, AMPK activation and CACT protein content were not down-regulated by EtOH, presumably because we isolated muscles 36 h after alcohol treatment to eliminate the acute effects of alcohol. CACT transports acylcarnitine derived from fatty acid oxidation into the mitochondrial matrix (Ogawa et al., 2000), and the previous study has shown that CACT deficiency dysregulates fatty acid oxidation (Pande et al., 1993), in the present study, CACT protein content in mouse muscle was unaffected by EtOH treatment, but GW increased CACT protein amount when administered with water or EtOH (Figure 4I). LCAD is a key enzyme in mitochondrial β-oxidation (Lea et al., 2000), and we observed LCAD protein content were lower in the muscles of EtOH treated mice than in non-treated controls, but not in EtOH plus GW treated mice (Figure 4I). Since GW consumption is known to increase fatty acid oxidation (Fan et al., 2017), we did not expect this result, and thus, we investigated the effect of GW treatment with or without palmitate on AMPK activation and LCAD protein content in myotubes. We found that palmitate down-regulates AMPK phosphorylation and LCAD protein content, but GW increases AMPK activation regardless of palmitate presence, and LCAD content was recovered by GW with palmitate (Figure 4J). These results suggest GW activation is regulated in a fatty acid concentration-dependent manner, and thus, GW may not be activated much in the low or normal level of TG concentration in the tissue (Figures 3A, 4I). No differences in citrate synthase (CS; involved in the tricarboxylic acid (TCA) cycle), NU), or SUO protein content were observed in skeletal muscle (Figure 4I). ATPsyn amount was slightly lower in 5% EtOH treated mouse muscle than in non-treated controls, but identical in EtOH plus GW treated mice and non-treated controls (Figure 4I). Furthermore, GW significantly increased uncoupling protein 3 (UCP3) levels when treated alone or with EtOH (Figure 4I). Collectively, GW appears to induce mitochondrial respiration uncoupling via UCP3 and to enhance fatty acid oxidation in mitochondria when fatty acids are used as substrates (Figure 4).
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FIGURE 4. PPARδ increased mitochondrial uncoupling via UCP3 when fatty acids were used as substrates. (A–H) Oxygen consumption was measured in isolated mitochondria from skeletal muscle using various substrates (n = 6–7 muscles/group). PM, pyruvate and malate; PCM, palmitoyl-carnitine and malate. (I) Protein content of mitochondrial enzymes (CACT, LCAD, CS, NUO, SUO, ATPsyn, UCP3) was measured in the skeletal muscles of GW, EtOH, or GW plus EtOH treated mice (n = 6–7 muscles/group). (J) AMPK activation and LCAD protein content were measured in myotubes treated with GW and/or palmitate. Noncontiguous gel lanes are clearly demarcated by black line. Values are means ± SE. Significance was determined by two-way ANOVA with Tukey’s correction. *P < 0.05, **P < 0.01, and ***P < 0.001.




PPARδ Activation Lowered ROS Emission in Myotubes

Reactive oxygen species emissions from mitochondria can induce insulin resistance (Anderson et al., 2009). We determined H2O2 emission from myotubes and found palmitate increased H2O2 emission (Figure 5A), but that PPARδ blocked H2O2 emission induced by palmitate (Figure 5A). We also observed that PPARδ activation increased catalase protein content in skeletal muscle of both water and EtOH consumed mice (Figure 5B). To test whether PPARδ activation by GW can reduce H2O2, a plasmid of mitochondria H2O2 sensor (HyPer-mito) was transfected into C2C12 muscle cells. We found EtOH increased HyPer-mito fluorescence intensity and that this was recovered by GW (Figure 5C). These data indicate that PPARδ protects muscles against both palmitate and EtOH induced ROS emission via catalase.
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FIGURE 5. PPARδ attenuated fatty acid-induced ROS by increasing catalase protein content. (A) PPARδ attenuated palmitate increased H2O2 levels in myotubes (n = 6 myotubes/group). (B) PPARδ activation increased catalase protein content in mouse skeletal muscles (n = 6–7 muscles/group). (C) Representative image of H2O2 emission from mitochondria obtained using an H2O2 sensor (HyPer-mito, green, Moscow). Nuclei were stained with DAPI. Scale bar, 30 μm. Values are means ± SE. Significance was determined by two-way ANOVA with Tukey’s correction, *P < 0.05.




DISCUSSION

PPARδ is a critical regulator of energy metabolism in skeletal muscle, and is highly sensitive to energetic challenges such as those caused by exercise (Koh et al., 2019a) and fasting (Gaudel and Grimaldi, 2007). Studies on the effects of alcohol have focused on liver function and diseases (Louvet and Mathurin, 2015), but not on skeletal muscle, which is primarily responsible for whole-body energy metabolism. Here, we suggested PPARδ can improve EtOH-induced lowered blood glucose disposal rate by enhanced mitochondrial respiration with fatty acid and antioxidant defense in skeletal muscle.

Direct exposure of myotubes to ethanol reduces in the metabolic regulator such as GLUT4, CPT1, and activation of AMPK and mTOR. The present study shows that ethanol time or dose-dependently reduce the mTOR signaling, and which clearly affects protein synthesis, lipid and glucose metabolism (Mao and Zhang, 2018), and thus, lower AMPK activation as well as GLUT4 and CPT1 protein content are associated with lack of mTOR signaling, and these data suggest the lack of CPT1 increases fatty acids accumulation and this effect along with GLUT4 deficiency by EtOH accelerate metabolic disorder for glucose uptake. In this context, TG accumulation induced by chronic alcohol consumption (Figure 3A) and the down-regulations of AMPK, GLUT4, CPT1, and mTOR are more notable aspects of ethanol toxicity (Figures 2B–G). Excessive levels of fatty acid or metabolites of fatty acids in muscle induced by high-fat diet have been reported to increases the incidence of insulin resistance in affected tissues (Koh et al., 2019b). Paradoxically, lipotoxicity does not induce metabolic dysregulation or insulin resistance when skeletal muscle can completely oxidize fatty acids (e.g., exercise-trained muscle). We showed that ethanol facilitates the release of fatty acid from adipose tissue and lowers the LCAD of skeletal muscle (Figure 4I) without dysfunction of mitochondrial respiration with fatty acid (Figures 4E,F). These effects by EtOH may incompletely break down of fatty acid and thus accelerated the accumulation of TG in skeletal muscle (Figure 3A), these effects are linked to insulin resistance in muscle (Kelley and Goodpaster, 2001; Gavin et al., 2018), and eventually, reduced blood glucose disposal rates (Figure 3B), because of ∼80% of glucose is taken up by skeletal muscle in the postprandial state (Thiebaud et al., 1982). It is well known that PPARδ activation has shown to increase fatty acid oxidation (Fan et al., 2017), this effect involved a decrease in accumulated TG in skeletal muscle due to EtOH consumption (Figure 3A). In this context, we found PPARδ increases AMPK activation (Figure 4J) and CACT as well as restores in a decreased LCAD protein content by EtOH in skeletal muscle (Figure 4I), indicating that PPARδ facilitates fatty acid oxidation through accelerated Acyl-carnitine translocation into the mitochondrial matrix for bioenergetic activation via LCAD and CACT.

Alcohol consumption appears to reduce insulin sensitivity in skeletal muscle in numerous ways. A chronic high fat diet decreased insulin sensitivity in skeletal muscle in mice by typically reducing the serine and threonine phosphorylation of AKT (Koh et al., 2019b), but alcohol consumption only reduced insulin sensitivity of AKT serine 473 phosphorylation (Figures 3F,G), and this would have affected the lower glucose disposal rate in alcohol consumed mice (Figure 3B). It is well known that loss of mTORC2 (rapamycin-insensitive protein complex formed by serine/threonine kinase mTOR) signaling decreases insulin sensitivity by reducing S473-AKT phosphorylation (Lamming et al., 2012), and that Rictor (a subunit of mTORC2) deficient muscle has lower glucose uptake (Kleinert et al., 2014). In myotubes, exposure to a low amount of EtOH (30 mM) reduced the activations of Rictor and Raptor at 6 h, which reverted to normal levels at 48h (Figures 2F,G). However, frequent consumption of even relatively small amounts of alcohol may block the reestablishment of the normal mTORC2 and S473-AKT activation levels required for insulin signaling. However, we found PPARδ accelerated the normalization of Rictor (Figure 3I) and insulin-induced S473-AKT activation that is decreased by EtOH (Figures 3D,E), but PPARδ rather blocked the normalization of Raptor activation in EtOH exposed-myotubes (Figure 3J). These results indicate that PPARδ can protect muscle that is impaired insulin sensitivity via AMPK and mTORC2 (Rictor), but not mTORC1. AMPK activation has been shown to enhance the phosphorylation of AKT at serine and threonine (Koh et al., 2019b).

It has been well established that increased release of ROS from mitochondria is a critical source of insulin resistance (Anderson et al., 2009). In the present study, although chronic alcohol consumption did not negatively influence catalase (Figure 5B), H2O2 emission from mitochondria was increased by ethanol (Figure 5C), presumably because reductase did not upregulate sufficiently to take reduce H2O2 into water and oxygen. In this context, it was shown in a previous study that endurance exercise increases fatty acid oxidation and SOD and catalase via PPARδ (Fan et al., 2017), and we found PPARδ activation can prevent ethanol-induced lipotoxicity by enhancing mitochondrial uncoupling with fatty acid without increasing mitochondrial ROS emission. Previous studies have shown mild uncoupling is an antioxidant factor (Mailloux and Harper, 2011), that loss of UCP3 is associated with insulin resistance, and that the restoration of UCP3 protein content improves insulin sensitivity (Mensink et al., 2007). Moreover, UCP3 overexpression in skeletal muscle lowers ROS release from mitochondria (Nabben et al., 2008; Toime and Brand, 2010). In the present study, PPARδ activation decreased mitochondrial coupling ratio (Figure 4H) induced by UCP3 (Figure 4I). Summarizing, increased fatty acid oxidation induces ROS production from mitochondria; however, we showed that PPARδ accelerates fatty acid utilization without inducing ROS production via mitochondrial uncoupling and that these effects prevent the development of alcohol-induced insulin resistance in skeletal muscles and whole body (Figure 3).



CONCLUSION

In conclusion, the present study suggested chronic alcohol consumption induces metabolic dysregulation by accumulation of TG from adipose tissue and reducing the activations of AMPK, mTORC2, and ROS. On the other hand, PPARδ recovered AMPK, mTORC2, and ROS and these effects improve alcohol induced-metabolic dysregulation associated oxidative stress by enhancing fatty acid oxidation, mitochondrial uncoupling, and antioxidant defense via UCP3. These identified functions of PPARδ activation provide a number of therapeutic targets for improving insulin resistance and oxidative stress mediated by alcohol consumption.
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Recently, the role of mitochondrial activity in high-energy demand organs and in the orchestration of whole-body metabolism has received renewed attention. In mitochondria, pyruvate oxidation, ensured by efficient mitochondrial pyruvate entry and matrix dehydrogenases activity, generates acetyl CoA that enters the TCA cycle. TCA cycle activity, in turn, provides reducing equivalents and electrons that feed the electron transport chain eventually producing ATP. Mitochondrial Ca2+ uptake plays an essential role in the control of aerobic metabolism. Mitochondrial Ca2+ accumulation stimulates aerobic metabolism by inducing the activity of three TCA cycle dehydrogenases. In detail, matrix Ca2+ indirectly modulates pyruvate dehydrogenase via pyruvate dehydrogenase phosphatase 1, and directly activates isocitrate and α-ketoglutarate dehydrogenases. Here, we will discuss the contribution of mitochondrial Ca2+ uptake to the metabolic homeostasis of organs involved in systemic metabolism, including liver, skeletal muscle, and adipose tissue. We will also tackle the role of mitochondrial Ca2+ uptake in the heart, a high-energy consuming organ whose function strictly depends on appropriate Ca2+ signaling.
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INTRODUCTION

Intracellular Ca2+ plays a significant role as a second messenger controlling both ubiquitous and tissue-specific processes. The decoy of different triggers and the well-defined spatio-temporal patterns of the Ca2+ response to different stimuli warrant the specificity of the cellular response (Berridge, 2001).

The outward translocation of protons across the inner mitochondrial membrane (IMM), determined by the activity of the electron transport chain (ETC), generates a mitochondrial membrane potential (Δψ) that is negative inside. Ca2+ influx into energized mitochondria depends on the electrochemical gradient (Deluca and Engstrom, 1961; Vasington and Murphy, 1962) and it is ensured by the activity of the Mitochondrial Calcium Uniporter (MCU), a highly selective channel of the IMM (Kirichok et al., 2004; Baughman et al., 2011; De Stefani et al., 2011). Microdomains of high Ca2+ concentration in sites of close proximity between the ER/SR and the mitochondria, the so-called mitochondrial-associated membranes (MAMs), are generated upon Ca2+ release from the ER/SR (endoplasmic/sarcoplasmic reticulum) stores, ensuring rapid mitochondrial Ca2+ entry (Rizzuto et al., 1993, 1998).

In physiological condition, mitochondrial matrix Ca2+ regulates the activity of TCA cycle dehydrogenases, thus triggering the generation of reducing equivalents that feed the ETC and eventually ATP production. On the contrary, in pathological settings, mitochondrial Ca2+ overload causes the opening of the Permeability Transition Pore (PTP) that results in the rapid collapse of the Δψ and in mitochondrial swelling, together with the release of cytochrome c and pro-apoptotic factors (Figure 1) (Briston et al., 2017; Giorgio et al., 2018).
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FIGURE 1. The physiopathological role of mitochondrial Ca2+ uptake. In physiological conditions, mitochondrial Ca2+ uptake stimulates ATP production thanks to the positive regulation of three Ca2+-dependent TCA cycle enzymes (pyruvate dehydrogenase, isocitrate dehydrogenase, and oxoglutarate dehydrogenase). In the cytoplasm glycolytic reactions convert glucose to pyruvate. The Mitochondrial Pyruvate Carrier (MPC) determines the entry of pyruvate into mitochondria, where pyruvate dehydrogenase (PDH) oxidizes pyruvate to acetyl-CoA. Acetyl-CoA enters the TCA cycle leading to the generation of reducing equivalents that feed the electron transport chain and eventually ATP production. Conversely, in pathological settings, mitochondrial Ca2+ overload could cause the opening of the mitochondrial Permeability Transition Pore (mPTP) eventually leading to cell death.


In this review, we will discuss the role of mitochondrial Ca2+ signaling in the control of cell metabolism, with particular emphasis on those organs involved in the regulation of systemic metabolism, including liver, skeletal muscle, and adipose tissue. We will also review the role of mitochondrial Ca2+ uptake in the control of heart function, an organ in which this aspect has been widely investigated. We will particularly discuss studies based on the genetic modulation of MCU activity, both in cell lines and in animal models.



THE MOLECULAR IDENTITY AND REGULATION OF THE MCU COMPLEX


The Pore Forming Subunits

To date, three different mitochondrial membrane proteins have been characterized as components of the Ca2+ uniporter, i.e., MCU, MCUb, and essential MCU regulator (EMRE).


Mitochondrial Calcium Uniporter

All eukaryotes, except for yeasts, display a well-conserved MCU gene (originally known as CCDC109a), which encodes a 40 kDa protein composed of two coiled-coil domains and two transmembrane domains, the latter separated by a short but highly conserved loop facing the intermembrane space (IMS). This loop is enriched in acidic residues, essential to confer Ca2+ selectivity. MCU was predicted to oligomerize in order to form a functional channel, and this hypothesis was supported by gel separation of native mitochondrial proteins, that highlighted an MCU-containing complex with an apparent molecular weight of 450 kDa (Baughman et al., 2011; De Stefani et al., 2011). Although MCU was predicted to form tetramers by a molecular dynamic approach (Raffaello et al., 2013), the first proposed structure of the Caenorhabditis elegans MCU by NMR and cryo-EM techniques envisaged a pentameric assembly (Oxenoid et al., 2016). However, more recently, cryo-EM and/or X-ray structures have been reported for fungal MCU, either alone (Baradaran et al., 2018; Fan et al., 2018; Nguyen et al., 2018; Yoo et al., 2018), or in the presence of EMRE (Wang et al., 2019). These studies demonstrated that fungal MCU complexes are characterized by tetrameric architectures. The tetrameric assembly is conserved also in zebrafish MCU that, by sharing more than 90% homology with human MCU, provides a strong evidence in favor of this architecture in higher eukaryotes (Baradaran et al., 2018).

Mitochondrial calcium uniporter silencing leads to abrogation of mitochondrial Ca2+ uptake, while its overexpression triggers both a significant increase of mitochondrial Ca2+ transients in intact cells, and an increase in the Ca2+ current in mitoplasts (De Stefani et al., 2011; Chaudhuri et al., 2013). Recombinant MCU is sufficient to form a Ca2+-selective channel in a planar lipid bilayer per se (De Stefani et al., 2011), with a similar current, although not identical, to the one recorded in patch-clamp experiments of isolated mitoplasts (Kirichok et al., 2004). The overall activity of the MCU complex is highly variable among tissues (Fieni et al., 2012). This feature likely integrates different factors: the volume occupied by mitochondria in a specific cell type (Fieni et al., 2012), the relative expression levels of MCU compared to other complex components and/or regulators, including MCUb (Raffaello et al., 2013) and MICU1 (Paillard et al., 2017) and, possibly, the extent of the contact sites between mitochondria and the ER/SR.



MCUb

MCUb gene (CCDC109b) is conserved in most vertebrates although it is absent in some organisms in which MCU is present (e.g., plants, Nematoda and Arthropoda). MCUb protein, with a molecular weight of 40 kDa, shares 50% sequence homology with MCU and it is similarly organized: it has two coiled-coil domains and two transmembrane domains separated by a loop. A crucial amino acid substitution (E256V) in the loop region neutralizing a negative charge is responsible for the drastic reduction in channel conductivity compared to the MCU (Raffaello et al., 2013). MCUb overexpression decreases mitochondrial Ca2+ transients upon agonist stimulation in cells and, when inserted into a planar lipid bilayer, no current is recorded. On the contrary, MCUb silencing triggers a significant increase in mitochondrial Ca2+ uptake (Raffaello et al., 2013). This is due to the fact that MCUb forms hetero-oligomers with MCU, negatively affecting the Ca2+ permeation through the channel.

Regarding the physiological relevance of MCUb, it should be noted that MCU/MCUb ratio varies greatly among different tissues. For instance, it is higher in the skeletal muscle compared to the heart (Raffaello et al., 2013), in agreement with the different activity of the MCU in different tissues (Fieni et al., 2012).



EMRE

EMRE is a 10 kDa protein located in the IMM composed of a transmembrane domain, a short N-terminal domain, and a highly conserved C-terminus enriched in acidic residues (Sancak et al., 2013). Although in a planar lipid bilayer MCU per se is sufficient to generate current, experiments performed in EMRE knockout cells demonstrate that this small protein is essential for MCU activity. In cells, EMRE was suggested to modulate the interaction between the pore region and the regulatory subunits of the channel (Sancak et al., 2013). However, in a planar lipid bilayer, MCU and its regulatory subunits MICU1 and MICU2 exhibit the capacity to interact with each other without the presence of EMRE (Patron et al., 2014). Nonetheless, the heterologous reconstitution of human MCU in yeast requires EMRE, indicating that EMRE is needed to assemble a functional channel in metazoan (Kovács-Bogdán et al., 2014). Furthermore, it has been demonstrated that EMRE C-terminus faces the mitochondrial matrix and forms a Ca2+-dependent complex with MICU1 and MICU2. Thus, EMRE would act as a sensor for [Ca2+] on both sides of the IMM (Vais et al., 2016). However, a different EMRE topology across the IMM has been alternatively suggested, not compatible with the role of EMRE C-terminus as a matrix-Ca2+ sensor (Yamamoto et al., 2016). Recently, to determine the relevance of EMRE in vivo, an EMRE–/– mouse model was generated (Liu et al., 2020). Studies in these mice demonstrated that EMRE is indeed required for MCU activity, as EMRE–/– isolated mitochondria did not accumulate Ca2+. EMRE deletion results in almost complete embryonic lethality in inbred C57Bl6/N mice. However, EMRE–/– animals are viable in a mixed background, although they are smaller and born with less frequency. No differences were detected in terms of basal metabolic functions in the hybrid Bl6/N-CD1 EMRE–/– animals compared to controls. Indeed, neither the total body oxygen consumption nor the body carbon dioxide generation were affected by EMRE deletion. EMRE–/– mice showed normal skeletal muscle function in terms of muscle force and running capacity. In addition, knockout animals displayed regular cardiac function including no changes in IR (ischemia-reperfusion) injury. Thus, similarly to the MCU–/– mouse model generated in a mixed background (Pan et al., 2013; Murphy et al., 2014), adaptations occur to sustain mitochondrial activity in the absence of a functional MCU channel. Finally, Liu et al. (2016) showed that in the absence of MICU1 expression, deletion of one allele of EMRE reduced the mitochondrial Ca2+ uptake, suggesting that efforts to modulate the MCU complex could be beneficial for the diseases characterized by Ca2+ overload.



The Regulatory Subunits

One critical aspect of the mitochondrial Ca2+ accumulation is its sigmoidal response to cytoplasmic Ca2+ levels. In other words, at low cytosolic [Ca2+], mitochondrial Ca2+ uptake is negligible, while it exponentially increases when the cytosolic [Ca2+] exceeds a certain threshold (Figure 2). The different activity levels are the consequence of a fine-tuned modulation of channel opening, due to the presence of regulatory proteins located in the IMS, which interact with the pore-forming subunits. These regulators belong to the MICU family that comprises MICU1, MICU2 and MICU3, each of them characterized by different expression patterns and specific functions.
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FIGURE 2. Scheme of the MCU complex. The mitochondrial Ca2+ uniporter (MCU) is composed of pore-forming subunits (i.e., MCU, MCUb, and EMRE) and regulatory subunits (i.e., MICU1, MICU2, and MICU3). MCU and the dominant-negative isoform MCUb are assembled into tetrameric complexes that span the IMM. EMRE is the essential MCU regulator, a 10 kDa protein located in the IMM whose absence causes the loss of the uniporter channel activity. A peculiar aspect of the mitochondrial Ca2+ uptake is its sigmoidal response to the extra-mitochondrial [Ca2+]. This property is due to the presence in the IMS of the MCU regulators, MICU1, MICU2, and, nearly exclusively in the nervous system, MICU3. At low cytosolic [Ca2+], little Ca2+ enters through the channel. Upon cell stimulation, the increase in cytosolic [Ca2+] is sensed by the EF-hands present on both MICU1 and MICU2. Consequently, conformational changes of the regulatory subunits take place, which allows the opening of the channel leading to Ca2+ entry inside the mitochondria.



MICU’s Family of MCU Regulators

MICU1 was the first component of the MCU complex to be identified, and it was described as a critical modulator of mitochondrial Ca2+ uptake (Perocchi et al., 2010). MICU1 plays a dual role in the control of MCU activity. On one hand, it keeps the channel closed when extra-mitochondrial Ca2+ concentration is below a certain threshold, thus avoiding continuous and sustained mitochondrial Ca2+ entry that eventually would cause Ca2+ overload. On the other hand, when extra-mitochondrial Ca2+ concentration exceeds a certain value, MICU1 acts as a cooperative activator of the MCU, warranting high Ca2+ conductivity (Mallilankaraman et al., 2012b; Csordás et al., 2013; Patron et al., 2014). Thus, MICU1 behaves as a gatekeeper of the MCU at low cytosolic Ca2+ concentrations and allows efficient mitochondrial Ca2+ uptake when cytosolic Ca2+ concentration increases (Csordás et al., 2013). Most of MICU1–/– mice die perinatally, and the ones that survive are affected by ataxia and muscle weakness (Antony et al., 2016; Liu et al., 2016).

Later, two MICU1 paralog genes were described: MICU2 (formerly named EFHA1) and MICU3 (formerly named EFHA2), that similarly to MICU1 are located in the IMS (Hung et al., 2014; Lam et al., 2015). While the tissue expression pattern of MICU2 is similar to MICU1, MICU3 is expressed predominantly in the nervous system (Plovanich et al., 2013; Paillard et al., 2017). MICU2 forms an obligate heterodimer with MICU1, stabilized by a disulfide bond through two conserved cysteine residues. In many cell types, the stability of MICU2 depends on the presence of MICU1, as MICU1 knockdown causes a considerable reduction in MICU2 protein levels. This was reported in HeLa cells (Patron et al., 2014) and in patients’ fibroblasts carrying a loss-of-function homozygous deletion of MICU1 (Debattisti et al., 2019). However, in MICU1–/– MEFs as well as in MICU1–/– skeletal muscles, MICU2 protein levels were unaffected (Antony et al., 2016; Debattisti et al., 2019).

MICU1-MICU2 heterodimers regulate the activity of the MCU complex because of the presence of EF-hand domains. Ca2+ binding to these domains triggers conformational modifications resulting in channel opening. However, the entity of the Ca2+ affinity to the EF-hand domains is still an open issue. Measurements performed by isothermal titration calorimetry indicate that the Kd of the MICU1/Ca2+ interaction ranges from 4 to 40 μM (Wang et al., 2014; Vecellio Reane et al., 2016). However, measurements based on the intrinsic tryptophan fluorescence registered a Kd of ∼300 nM (Kamer et al., 2017). Certainly, different methods in diverse experimental conditions could have yielded inhomogeneous results, indicating that this issue needs further clarification. As to the role of MICU2, electrophysiological studies performed in a planar lipid bilayer demonstrated that MICU2 inhibits MCU activity at low cytosolic [Ca2+], thus serving as the genuine gatekeeper of the channel (Patron et al., 2014).

Finally, the stoichiometry of the MCU regulators within the complex is still largely unknown. MICU1 multimers undergo molecular rearrangement during Ca2+ stimulation (Waldeck-Weiermair et al., 2015). In addition, Paillard et al. (2017) demonstrated that the MICU1/MCU ratio accounts for the different regulatory properties of the MCU complex in the different tissues. For instance, the high MICU1/MCU ratio present in the liver provides high cooperative activation of the channel and, simultaneously, increases the threshold of activation. Accordingly, small changes in cytosolic Ca2+ transients in hepatocytes are not sufficient to lead to mitochondrial Ca2+ accumulation, which indeed requires sustained cytosolic Ca2+ increases. A different scenario occurs in the heart, in which the low MICU1/MCU ratio allows mitochondria to take up Ca2+ even at low cytosolic [Ca2+]. In this case, the beat-to-beat Ca2+ transients are decoded by the MCU with a low level of channel gating and a low grade of cooperativity, thus triggering an integrative Ca2+ accumulation (Paillard et al., 2017).

A lot of effort has been made to evaluate the molecular dynamics of the MICU1–MICU2 complex. In particular, Jia and coworkers resolved the human MICU2 structure to investigate the interactions between MICU1 and MICU2 in both the apo and Ca2+-bound form. Different residues are involved in the MICU1–MICU2 interaction depending on Ca2+ binding to EF-hands motifs. In the apo form, the critical amino acids for the complex formation are Glu242 in MICU1 and Arg352 in MICU2, while in the Ca2+-bound state Phe383 of MICU1 interacts with Glu196 in MICU2 (Wu et al., 2019). More recently, the cryo-electron microscopy structures of the human mitochondrial calcium uniporter holocomplex have been resolved in the apo and Ca2+-activated states. This study demonstrated that a single MICU1-MICU2 heterodimer is able to gate a channel formed by 4 MCU and 4 EMRE subunits. In agreement with previous reports, the structural analysis confirmed the existence of different conformations according to the [Ca2+]. In particular, this study demonstrates that, while at low [Ca2+] MICU1 covers the pore, in high [Ca2+] MICU1 moves away from the MCU surface to the edge of the MCU–EMRE tetramer, thus allowing pore opening (Fan et al., 2020).

A few years ago, our laboratory characterized an alternative splice variant of MICU1, namely MICU1.1 (Vecellio Reane et al., 2016). MICU1.1 is expressed only in the skeletal muscle, at higher levels compared to MICU1, and in the brain. Compared to MICU1, MICU1.1 contains an additional exon encoding four amino acids (EFWQ). MICU1.1 binds Ca2+ more efficiently compared to MICU1, and the heterodimer MICU1.1-MICU2 activates the channel at lower [Ca2+] than the MICU1-MICU2 heterodimer. These features are particularly relevant in the skeletal muscle, where MICU1.1 guarantees sustained ATP production. However, how the EFWQ domain affects the Ca2+-binding affinity and the protein structure is still under investigation.

MICU3, as already mentioned above, is specifically expressed in the brain (Plovanich et al., 2013). MICU3 forms disulfide bond-mediated dimers with MICU1 but not with MICU2 and acts as an activator of MCU activity (Patron et al., 2019). Accordingly, MICU3 silencing in primary cortical neurons impairs Ca2+ signaling suggesting a role in the control neuronal function. Thus, neurons express both MICU1–MICU2 dimers, which guarantee low vicious Ca2+ cycling in resting conditions, and MICU1-MICU3 dimers, which decrease the threshold of MCU opening ensuring mitochondrial Ca2+ uptake even in the presence of fast and small cytosolic Ca2+ transients. Recently, it has been demonstrated that MICU3 is involved in the metabolic flexibility of nerve terminals. MICU3, by tuning the Ca2+ sensitivity of the MCU complex, allows presynaptic mitochondria to take up Ca2+ in response to small changes in cytosolic [Ca2+] and thus to sustain axonal ATP synthesis (Ashrafi et al., 2020).



Other Putative MCU Modulators

Other mitochondrial proteins have been identified as putative modulators of MCU channel activity. Briefly, MCUR1, previously known as CCDC90a, was described as a modulator of MCU, since its silencing decreases mitochondrial Ca2+ accumulation and basal mitochondria matrix [Ca2+] in HEK293T cells (Mallilankaraman et al., 2012a). However, Soubridge et al. demonstrated that MCUR1 plays also a critical role in the assembly of complex V, and its silencing drastically decreases the mitochondrial membrane potential (Paupe et al., 2015). Thus, whether MCUR1 is a direct modulator of the MCU, or rather it unspecifically blunts the driving force for mitochondrial Ca2+ uptake is still debated. Finally, SLC25A23 is a member of the solute carrier family that transport Mg-ATP/Pi across the IMM (Hoffman et al., 2014). Mutations of SLC25A23 EF-hand domains decrease mitochondrial Ca2+ accumulation, thus suggesting that it may play a role in the control of MCU activity.



Ca2+ TARGETS OF THE AEROBIC METABOLISM: THE REGULATION OF MITOCHONDRIAL DEHYDROGENASES

Mitochondrial Ca2+ plays various roles impinging on energy metabolism. It contributes to the regulation of shuttle systems through the IMM, that ensure the transport of nucleotides, metabolites, and cofactors (for a review see Rossi et al., 2019). In addition, it has been recently proposed that, within the matrix, Ca2+ directly modulates the activity of the ATP synthase (Territo et al., 2000) and the ETC (Glancy et al., 2013).

Most importantly, mitochondrial Ca2+ uptake contributes to the regulation of energy production by impinging on the activity of mitochondrial dehydrogenases (Figure 3). In detail, FAD-linked glycerol phosphate dehydrogenase (GPDH) in the IMS, and pyruvate dehydrogenase (PDH), isocitrate dehydrogenase (IDH) and oxoglutarate dehydrogenase (OGDH) in the matrix are directly or indirectly controlled by mitochondrial Ca2+ (Denton, 2009).
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FIGURE 3. Ca2+-dependent regulation of mitochondrial dehydrogenases. (A) The mitochondrial Ca2+ indirectly regulates the pyruvate dehydrogenase complex (PDC) that oxidizes pyruvate to acetyl-CoA. PDC is composed of multiple copies of three components: pyruvate decarboxylase (E1), dihydrolipoate acetyltransferase (E2) and dihydrolipoate dehydrogenase (E3). In response to increased mitochondrial [Ca2+], the Ca2+-dependent isoform of pyruvate dehydrogenase phosphatase 1 (PDP1) dephosphorylates E1, thus triggering PDC activation. (B) Ca2+ directly activates the isocitrate dehydrogenase (IDH). The ATP/ADP ratio negatively regulates the sensitivity of Ca2+ binding to IDH. (C) Oxoglutarate dehydrogenase (OGDH) is a multienzyme complex similar to the PDC. It is composed of dihydrolipoamide succinyl-transferase subunits (E2, green in the figure), oxoglutarate decarboxylase (E1, pink in the figure) and dihydrolipoamide dehydrogenase (E3, yellow in the figure). Ca2+-binding directly regulates the activity of the enzyme.



FAD-Linked Glycerol Phosphate Dehydrogenase (GPDH)

The glycerol phosphatase shuttle is composed of the mitochondrial FAD-linked glycerol phosphate dehydrogenase and the cytosolic NAD-dependent glycerol phosphate dehydrogenase. This shuttle transfers reducing equivalents from NADH in the cytosol to FADH2 in the mitochondrial matrix and eventually to the ETC. FAD-linked GPDH is a transmembrane protein of the IMM and possesses binding sites for glycerol phosphate and Ca2+ facing the IMS, thus sensing the cytoplasmic concentration of both these molecules (Cole et al., 1978; Garrib and McMurray, 1986). In particular, two EF-hand domains are responsible for the Ca2+-dependent activation of the enzyme (MacDonald and Brown, 1996).



Pyruvate Dehydrogenase (PDH)

The mammalian pyruvate dehydrogenase complex (PDC) has a molecular weight of about 8 MDa and contains multiple copies of three components that catalyze the conversion of pyruvate to acetyl-CoA. The pyruvate decarboxylase (E1) and the dihydrolipoate dehydrogenase (E3) are attached to a central core formed by the dihydrolipoate acetyltransferase (E2) (Hiromasa et al., 2004). The pyruvate decarboxylase is a tetramer composed of two different subunits (α2 and β2) catalyzing the irreversible step of the reaction. The PDC plays a critical role in the control of cellular metabolism and, accordingly, it is subjected to a fine regulation. Acetyl-CoA and NADH, the end-products of the oxidative reaction, inhibit PDC activity. PDC activity is also inhibited by the reversible phosphorylation of three sites on the E1 subunit (Denton, 2009) catalyzed by pyruvate dehydrogenase kinases (PDKs) and reverted by pyruvate dehydrogenase phosphatases (PDPs). In particular, PDP1 and PDP2 are two isoforms belonging to the 2C/PPM family, with a molecular weight of ∼55 kDa and an Mg2+-dependent catalytic subunit (Teague et al., 1982; Karpova et al., 2003). The Ca2+-dependent activation of PDP1 results in the dephosphorylation of PDH, and eventually in the conversion of pyruvate to acetyl- CoA (Teague et al., 1982; Turkan et al., 2004). Notably, Ca2+ activates the PDP1, but not the PDP2, with a mechanism that is still under investigation. Although the PDP1 sequence contains a putative EF-hand motif (Lawson et al., 1993), the PDP1 crystal structure revealed that this domain is not involved in Ca2+ binding (Vassylyev and Symersky, 2007). Further studies, conducted using purified PDP1, showed that the Ca2+-binding site might be at the interface between the PDP1 and the E2 with a Kd close to 1 μM (Turkan et al., 2004).



Isocitrate Dehydrogenase (IDH)

This TCA cycle enzyme catalyzes the decarboxylation of isocitrate to α-ketoglutarate. IDH is an octamer of about 320 KDa and each unit of the octamer is composed of three different subunits (Nichols et al., 1993, 1995). The increase in ATP/ADP and NADH/NAD+ ratios inhibits the IDH enzyme, a feature that is shared with the other two Ca2+-dependent dehydrogenases, the pyruvate and the α-ketoglutarate dehydrogenases. The sensitivity of Ca2+ binding to IDH is controlled by the ATP/ADP ratio. A decrease in the ATP/ADP ratio increases Ca2+ binding to IDH, which in turn leads to a decrease of the Km for isocitrate (Rutter and Denton, 1988, 1989).



Oxoglutarate Dehydrogenase (OGDH)

Oxoglutarate dehydrogenase catalyzes the TCA cycle reaction that converts α-ketoglutarate to succinyl-CoA. Its tetrameric structure shares some similarities with the PDC. It is characterized by a core composed of many subunits of dihydrolipoamide succinyl-transferase (E2), to which 2-oxoglutarate decarboxylase (E1) and dihydrolipoamide dehydrogenase (E3) subunits are attached. Increases in the succinyl-CoA/CoA and NADH/NAD+ ratios inhibit OGDH. In contrast to PDC, OGDH is not regulated by phosphorylation events. The Ca2+ binding to the OGDH leads to a decrease in the Km for α-ketoglutarate, similar to what happens for the IDH (Denton, 2009).



THE MITOCHONDRIAL Ca2+ UPTAKE REGULATES LIVER METABOLISM

Systemic metabolic adaptations to nutritional changes and to alterations in physical activity are necessary for energy homeostasis. In particular, several mechanisms and different organs are involved in the fine-tuned modulation of glucose metabolism. Among them, the liver plays a crucial role because of its capacity to store glucose during the fed state and to release it into circulation during fasting. Several signals control the balance between glycogen storage, glycogenolysis, and gluconeogenesis. Insulin is responsible for glycogen accumulation, whereas hyperglycemic hormones including glucagon and epinephrine are liable for gluconeogenesis and glycogenolysis. Thanks to the seminal work of the Cabbold laboratory, single-cell Ca2+ dynamics of rat hepatocytes revealed the oscillatory pattern of cytosolic Ca2+ upon hormonal stimulation (Woods et al., 1986, 1987). Subsequently, the spatio-temporal pattern of Ca2+ transients was characterized, and the related regulation of Ca2+-sensitive proteins and mitochondrial enzymes were deciphered (Hajnóczky et al., 1995; Robb-Gaspers et al., 1998; for a review see Bartlett et al., 2014). In particular, Hajnóczky et al. (1995) demonstrated that the cytosolic Ca2+ oscillations translate into mitochondrial Ca2+ increases to stimulate aerobic metabolism. In detail, while slow increases of cytosolic Ca2+ concentrations are insufficient to activate mitochondrial metabolism, Ca2+ release from the ER upon InsP3 receptor opening triggers a rapid cytosolic Ca2+ oscillation and consequent mitochondrial Ca2+ uptake. Thus, cytosolic [Ca2+] increases due to Ca2+ leak from stores are distinguished from those due to InsP3 receptors activation, the latter being the ones able to trigger a mitochondrial response. Each mitochondrial [Ca2+] spike triggered by specific cytosolic Ca2+ oscillation frequencies is accompanied by a maximal activation of the Ca2+-sensitive mitochondrial dehydrogenases.

To verify the role of mitochondrial Ca2+ uptake in liver metabolism, a hepatocyte-specific MCU–/– mouse model was developed (Tomar et al., 2019). MCU–/– hepatocytes displayed a depletion in mitochondrial matrix Ca2+ accompanied by a consequent impairment of the respiratory capacity. Interestingly, in MCU–/– hepatocytes lipid accumulation was observed. Mechanistically, AMPK inactivation was indicated as the trigger of this event. MCU deletion delays cytosolic Ca2+ clearance, and this increases Ca2+-dependent PP4 phosphatase activity. In turn, PP4 dephosphorylates AMPK. Remarkably, liver-specific AMPK deletion is sufficient to cause hepatic lipid accumulation. In addition, a gain-on-function knock-in MCU mouse model was produced (Tomar et al., 2019). In this model, hepatocytes displayed enhanced mitochondrial Ca2+ uptake and respiratory capacity, AMPK was active, and liver triacylglycerol levels were decreased. Of note, MCU-overexpressing hepatocytes were resistant to lipid accumulation when placed in a high-glucose medium.

The regenerative capacity of the liver is of extreme pathophysiological importance and recent evidence demonstrates that Ca2+ dynamics takes part in this process. After partial hepatectomy, a cytosolic Ca2+ rise promotes the transition of regenerating hepatocytes through the proliferative state allowing liver growth. However, in MICU1–/– liver the cytosolic Ca2+ increase triggered by partial hepatectomy causes mitochondrial Ca2+ overload and eventually PTP opening. This generates an amplification of the pro-inflammatory phase and a block of the transition through the proliferative phase, leading to an impairment in liver recovery (Antony et al., 2016).



MITOCHONDRIA Ca2+ SIGNALING IN THE CONTROL OF SKELETAL MUSCLE FUNCTION

Muscle physiology largely depends on two intracellular organelles: the SR for Ca2+ storage and release, and mitochondria for ATP synthesis (Franzini-Armstrong and Jorgensen, 1994). Skeletal muscle requires ATP to drive both actomyosin cross-bridge cycling and cytosolic Ca2+ buffering during contraction, the latter being ensured by ATP-dependent SERCA pump activity. Seminal work demonstrated that in rat myotubes mitochondria amplify 4–6 fold the cytosolic [Ca2+] increases triggered by various stimuli (Brini et al., 1997). This observation highlighted the pivotal role of mitochondria as essential players in the dynamic regulation of Ca2+ signaling in skeletal muscle, in accordance with the reported close apposition of ER and mitochondria that allows efficient Ca2+ uptake (Rizzuto et al., 1993, 1998). Electron microscopy studies demonstrated the presence of inter-organelle tethering proteins located at the juxtaposition between SR and mitochondria, that generate a physical coupling between these two organelles (Boncompagni et al., 2009) allowing rapid SR-mitochondria Ca2+ transfer. Early studies demonstrated an increase in NADH/NAD+ during the transition between resting and working muscle conditions, suggesting that an intracellular Ca2+ rise promotes mitochondrial metabolism in skeletal muscle (Sahlin, 1985; Duboc et al., 1988; Kunz, 2001). Recently, it was shown that inhibition of RyR1, thus a decrease in mitochondrial Ca2+ uptake, triggers a reduction in the ATP-linked oxygen consumption, pointing out the control of aerobic metabolism by mitochondrial [Ca2+] (Díaz-Vegas et al., 2018). Importantly, glycolytic and oxidative muscles differ in terms of their mitochondria volume and metabolic properties. Specifically, slow-twitch fibers rely on oxidative phosphorylation, displaying a great fatigue resistance, while fast-twitch fibers manly rely on glycolysis as a source of ATP.

The importance of mitochondrial Ca2+ uptake in skeletal muscle physiology is demonstrated by the disease phenotype of patients carrying mutations in the MICU1 gene. Loss of function mutations cause myopathy, learning difficulties and extrapyramidal movement disorders (Logan et al., 2014). Other patients, carrying a homozygous deletion of the exon 1 of MICU1 show fatigue, lethargy, and weakness (Lewis-Smith et al., 2016). To clarify whether the muscle defects are due to impaired muscle MICU1 function or rather are secondary to neuronal disorders, a skeletal muscle MICU1–/– mouse model was developed (Debattisti et al., 2019). These mice are characterized by muscle weakness, fatigue, and increased susceptibility to damaging contractions, indicating that loss of MICU1 in the muscle is causative of the disease phenotype. In addition, pharmacological inhibition of mitochondrial Ca2+ uptake by MICU1 targeting molecules impairs myotubes growth (Di Marco et al., 2020).

MCU deletion in MCU–/– mouse model causes a significant impairment in exercise capacity (Pan et al., 2013). In isolated mitochondria of the MCU–/– muscles resting matrix Ca2+ levels are reduced by 75% compared to WT mitochondria, and Ca2+-dependent PDH phosphorylation is increased. These data are in accordance with the role of mitochondrial Ca2+ accumulation to regulate ATP production necessary to maintain healthy muscle functionality.

Further studies were performed by muscle-restricted modulation of MCU expression (Mammucari et al., 2015). In particular, MCU overexpression and downregulation trigger muscle hypertrophy and atrophy, respectively. The control of skeletal muscle mass by mitochondrial Ca2+ modulation is due to the activation of two major hypertrophic pathways of skeletal muscle, PGC-1α4 and IGF1-AKT/PKB. Surprisingly, these effects are independent of the control of aerobic metabolism, as demonstrated by various pieces of evidence. Firstly, PDH activity, although defective in MCU silenced muscles, was unaffected in MCU overexpressing muscles and, secondly, hypertrophy was comparable in both oxidative and glycolytic muscles (Mammucari et al., 2015).

A muscle-specific MCU knockout mouse (skMCU–/–), besides corroborating the role of MCU in maintaining muscle mass, helped to elucidate the contribution of mitochondrial Ca2+ uptake in muscle metabolism. Furthermore, this animal model was informative on how the MCU-dependent skeletal muscle oxidative metabolism systemically impinges on substrate availability (Gherardi et al., 2018). Metabolically, skMCU–/– mice were characterized by defective glucose oxidation, which was evident by increased blood lactate and by decreased oxygen consumption rate (OCR) of myofibers kept in a high-glucose medium. Skeletal muscle glucose uptake was increased as well as glycogen content, indicative of unaffected insulin sensitivity but inefficient glucose utilization.

Despite reduced muscle force and running capacity during exhaustion exercise, muscle performance was not dramatically impaired. This was due to an increase in fatty acids (FA) oxidation, which significantly contributed to basal OCR (Gherardi et al., 2018). A second skeletal muscle-specific MCU KO model was characterized on the one hand by reduced sprinting exercise performance, on the other hand by enhanced muscle performance under condition of fatigue, where the FA metabolism is predominant (Kwong et al., 2018). Because of the altered muscle glucose utilization, liver and adipose tissue responded with enhanced catabolism. Hepatic gluconeogenesis, lipolysis and thus circulating ketone bodies were increased. Furthermore, adipose tissue lipolysis was enhanced, resulting in a reduction of the body fat mass both in adulthood (Gherardi et al., 2018) and in aging (Kwong et al., 2018). The main trigger of this metabolic rewiring is the reduced pyruvate dehydrogenase activity, which is tightly controlled by mitochondrial Ca2+ as indicated by genetic experiments (Gherardi et al., 2018).

In accordance, a skeletal muscle-specific mitochondrial pyruvate carrier (MPC) knockout mouse strikingly resembled the phenotype of skMCU–/– mouse. In skeletal muscle, MPC deletion decreased glucose oxidation despite increased glucose uptake and lactate production. This triggered enhanced FA oxidation and Cori cycling, with an overall increase in energy expenditure. Thus, skeletal-muscle restricted MPC deletion accelerated fat mass loss when mice were fed again with a chow diet after high-fat diet-induced obesity (Sharma et al., 2019). Altogether these studies support a model in which impaired mitochondrial Ca2+ uptake and mitochondrial pyruvate entry inhibition lead to similar defects in glucose oxidation, which result in overlapping local and systemic metabolic adaptations. These data point to impaired pyruvate oxidation as the main contributor to the observed metabolic rewiring.



CARDIAC ENERGETICS IS ESSENTIAL FOR PROPER HEART FUNCTION

In the last decade the contribution of mitochondrial Ca2+ uptake to the regulation of cardiac energetics has been deeply investigated. Pozzan and coworkers demonstrated that mitochondrial Ca2+ transients occur beat-to-beat, and participate in shaping the systolic Ca2+ peaks in neonatal cardiomyocytes. The presence of high [Ca2+] microdomains generated at the SR/mitochondria contacts allows mitochondrial Ca2+ uptake during systole resulting in a significant buffering of cytosolic Ca2+ peaks. Ca2+ is eventually released back to the cytoplasm during diastole because of the presence of the Na2+/Ca2+ exchanger and of the Ca2+/H+ antiporter. In addition, the genetic modulation of MCU, thus the alteration of mitochondrial Ca2+ accumulation, directly affects the amplitude of the cytoplasmic Ca2+ oscillations in neonatal cardiomyocytes (Drago et al., 2012). However, whether this scenario occurs in adult cardiomyocytes and in the heart, in which it was proposed that mitochondrial Ca2+ entry does not rely on a cytosolic Ca2+ threshold, is still a matter of debate (Boyman et al., 2014).

In the last few years, many in vivo mouse models have been generated to investigate the role of mitochondrial Ca2+ uptake in the control of heart function. According to both constitutive and cardiac-specific MCU–/– mouse models, MCU is dispensable for mitochondria bioenergetics in the heart at baseline (Pan et al., 2013; Kwong et al., 2015). The heart function of the constitutive MCU knockout mouse is unaffected upon β-adrenergic stimulation, suggesting that long-term adaptations may occur (Holmström et al., 2015). However, in the inducible cardiac-specific MCU knockout mouse, during the fight or flight response an increase in the mitochondrial ATP production is required to support the elevated energy demand of the augmented heart rate (Kwong et al., 2015; Luongo et al., 2015). In addition, hearts expressing a dominant-negative MCU or overexpressing the MCUb treated with the β-adrenergic agonist isoproterenol show an impairment in the heart rate acceleration (Wu et al., 2015; Lambert et al., 2019). In the conditional MCUb heart-specific transgenic mouse model mitochondrial bioenergetics was impaired because of increased PDH phosphorylation levels leading to a decrease in the maximal respiration and in the reserve capacity. The impairment in the heart responsiveness was highlighted by the fact that these mice did not survive after IR injury. However, long-term induction of MCUb expression was accompanied by a rescue of the cardiac function and reduced infarct size, most likely because of compensatory mechanisms triggering PDH dephosphorylation and thus activation (Lambert et al., 2019). In addition, a change in the stoichiometry of the MCU complex was observed in the hearts of these mice. MCU, MICU1, and MICU2 levels were increased despite decreased association of MICU1 and MICU2 to the MCU complex (Lambert et al., 2019).

The inducible cardiac-specific MCU–/– mouse model was further investigated to assess ex vivo cardiac functions (Altamimi et al., 2019). Surprisingly, the isolated MCU–/– hearts showed enhanced cardiac function even at baseline, which persisted after isoproterenol stimulation. Thus, heart-specific mitochondrial Ca2+ uptake inhibition hampers the cardiac response to β-adrenergic stimulation in vivo (Kwong et al., 2015; Luongo et al., 2015; Wu et al., 2015), but not ex vivo (Altamimi et al., 2019). This suggests that the whole-body adrenergic response has a different impact on heart function compared to direct stimulation. A detailed analysis of energetic substrates preference demonstrated that the MCU-deleted hearts rely on increased FA oxidation in response to β-adrenergic stimulation. FA oxidation correlates with a decrease in malonyl-CoA levels, and with increased acetylation of the β-oxidation enzyme β-hydroxyacyl-CoA dehydrogenase (β-HAD) (Altamimi et al., 2019).

The main player of mitochondrial Ca2+ efflux, essential for the maintenance of mitochondrial Ca2+ homeostasis, is the mitochondrial Na+/Ca2+ exchanger (NCLX), which is encoded by the Slc8b1 gene (Palty et al., 2010). Recent work helped to elucidate the consequence of Ca2+ efflux impairment on heart function. The conditional cardiomyocyte-specific Slc8b1 deletion causes sudden death in most animals due to acute myocardial dysfunction and fulminant heart failure (Luongo et al., 2017). Slc8b1 knockout hearts display sarcomere disorganization, necrotic cell death and fibrosis, accompanied by left ventricle dilation and decreased function. Mechanistically, activation of the mPTP was responsible for the phenotype, as demonstrated by the fact that mating of these mice with cyclophilin D (CypD)-null mice rescues heart function and survival. On the contrary, cardiac-specific NCLX transgenic hearts were characterized by increased efflux capacity, decreased mPTP activation, and were protected against IR injury and ischemic heart failure.

Also, perturbations in the pyruvate dehydrogenase activity in the heart cause metabolic dysfunction and subsequently, cardiomyopathy. Patel and coworkers generated a heart and skeletal muscle-specific PDH knockout mouse (H/MS-PDCKO) (Sidhu et al., 2008). PDC activity is absent in both skeletal muscle and heart of these animals. All the H/MS-PDCKO mice died 7 days post-weaning on a chow diet, and the death was due to an impairment of the left ventricular systolic function, demonstrating that the consequent increase in the glycolysis rate was not sufficient to produce the ATP required for normal cardiac function. In contrast, when H/MS-PDCKO mice were weaned on a high-fat diet they survived for many months. However, even in this case, these mice developed left ventricular hypertrophy when they returned to a chow diet. These data suggest that PDC activity ensures metabolic flexibility in the hearts. Furthermore, Gopal et al. (2018) generated an inducible cardiac-specific PDH knockout model. In these mice, substrate utilization and cardiac function were monitored. The authors observed a metabolic rewiring which includes a reduction in the myocardial glucose oxidation and an increase in the FA oxidation. This metabolic switch did not alter the systolic function, however it impaired the diastolic function causing a cardiomyopathy-like phenotype similar to diabetes or obesity.

These data suggest that, like in skeletal muscle, decreased mitochondrial Ca2+ uptake and impaired pyruvate oxidation increase β-oxidation in the heart. Recent work by Wescott et al. (2019) indicates that while mitochondrial [Ca2+] regulates the entry of pyruvate and glutamate into the TCA cycle, lipid oxidation is not controlled by mitochondrial [Ca2+]. Thus, in a context of mitochondrial Ca2+ impairment, fatty acids are readily oxidized to sustain energy demand.



Ca2+ SIGNALING PLAYS A CENTRAL ROLE IN ADIPOSE TISSUE HOMEOSTASIS

The study of the role of Ca2+ homeostasis in adipose tissue biology represents a relatively new area of research. Different pieces of evidence suggest that Ca2+ dysregulation may affect adipocyte function. Accordingly, it has been demonstrated that intracellular Ca2+ concentration regulates adipocyte lipid metabolism, thus controlling adipogenesis. Shi et al. (2000) showed that cytosolic [Ca2+] plays a biphasic regulatory role in adipocyte differentiation: on the one hand, an increase in cytosolic [Ca2+] suppresses the early stages of murine adipogenesis; on the other hand, it promotes the late stages of adipose differentiation. Most importantly, elevated intracellular [Ca2+] in adipocyte appears to contribute to the insulin-resistance of elderly hypertensive obese patients. Strikingly, 1 month of therapy with nitrendipine, a Ca2+ channel blocker, reduced blood pressure, decreased plasma insulin upon glucose stimulation to control values, and restored normal adipocyte glucose uptake (Byyny et al., 1992).

Specifically in the brown adipose tissue (BAT), early work on isolated adipocytes demonstrated that norepinephrine stimulation mobilizes intracellular Ca2+ stores (Connoly et al., 1984), and this was later confirmed by subsequent studies (Lee et al., 1993; Leaver and Pappone, 2002; Nakagaki et al., 2005; Chen et al., 2017). However, the role of Ca2+ signaling in BAT thermogenesis remained largely unexplored until recently, when Kcnk3, a K+ channel present on the brown adipocyte plasma membrane, was identified as a negative regulator of thermogenesis (Chen et al., 2017). In detail, cytosolic Ca2+ levels upon adrenergic stimulation are increased in Kcnk3-deficient brown adipocytes, suggesting that Kcnk3 limits NE-induced cytosolic [Ca2+] influx, which results in decreased cAMP production, thus attenuating lipolysis and thermogenic respiration.

It is well established that oxidative metabolism and, in general, mitochondrial bioenergetics are altered in metabolic syndrome, obesity and type 2 diabetes (Heinonen et al., 2019), and that normalizing mitochondrial function has the potential to restore insulin sensitivity. As an example, the treatment with rosiglitazone, a PPARγ agonist and a firmly established drug for type 2 diabetes (Lebovitz, 2019), triggers increased mitochondrial respiration and FA oxidation in ob/ob mice adipocytes (Wilson-Fritch et al., 2004) and induces the expression of mitochondrial structural proteins and cellular antioxidant enzymes (Rong et al., 2007). Nonetheless, while the contribution of mitochondrial metabolism to adipose tissue homeostasis is well known, the role of mitochondrial Ca2+ signaling is still largely unexplored. Recently, the link between MCU activity and the development of obesity and diabetes was investigated (Wright et al., 2017). In 3T3-L1 adipocytes, insulin resistance was accompanied by an increase of MCU and MICU1 expression and mitochondrial Ca2+ uptake. Accordingly, the expression of MCU complex components was increased in the visceral adipose tissue (VAT) of obese patients, both pre-diabetic and diabetic, compared to lean individuals. Interestingly, upon bariatric surgery, the expression of MCU complex components in patients’ VAT returned to physiological levels, suggesting that mitochondrial Ca2+ accumulation plays an active role in this pathology. Mcub overexpression, although insufficient to improve the defect in insulin-stimulated glucose uptake of insulin-resistant cells, restored ROS production to normal levels. In addition, Mcub overexpression reduced TNF-alpha and IL-6 expression, suggesting a possible role of mitochondrial Ca2+ uptake in obesity-associated inflammation (Wright et al., 2017). Recently, a BAT-specific MCU knockout mouse was characterized (Flicker et al., 2019). Despite the complete lack of mitochondrial Ca2+ uptake, no effects were observed in terms of cold tolerance and diet-induced obesity, suggesting that MCU is dispensable for BAT thermogenesis and metabolism. These last two studies reveal that MCU, in adipose tissue, plays different roles in pathology versus physiology. However, further work is needed to clarify the different role of mitochondrial Ca2+ accumulation in metabolically different adipose tissue compartments, both in health and in disease states.

Further insights into the role of Ca2+ signaling in the regulation of adipose tissue metabolism comes from studies conducted in Drosophila melanogaster. In this animal model the fat body, which is considered the equivalent of the mammalian liver, adipose tissue, hematopoietic and immune systems, senses nutrient availability and controls the metabolic responses (Hotamisligil, 2006). Concerning the Ca2+ signaling, Stim, an ER membrane protein involved in store-operated Ca2+ entry (SOCE), was identified by RNAi screen among genes affecting adiposity in the fly (Baumbach et al., 2014). Stim downregulation in fat storage tissue decreases cytosolic Ca2+ levels and leads to an increase in the overall adiposity. This is due to the remote activation of the orexigenic short neuropeptide F in the brain (sNPF). Along with hyperphagia, the Stim-sNPF axis controls lipid metabolism, resulting in adipose tissue hypertrophy. Further evidence on the role of Ca2+ homeostasis in D. melanogaster lipid metabolism comes from studies on InsP3 receptor mutants, which are obese and display altered FA utilization (Subramanian et al., 2013). In addition, Huang and coworkers showed that dSeipin, which plays a central role in the lipid metabolism, interacts with dSERCA modulating the cytosolic [Ca2+] (Bi et al., 2014). Mutations in dSeipin cause a reduction in SERCA activity and a consequent decrease in ER Ca2+ levels, leading to an impairment in the fat storage. Moreover, in dSeipin mutants, mitochondrial Ca2+ uptake is reduced, triggering a decrease in TCA cycle activity and accumulation of citrate, a key component of lipogenesis. The lipid storage defect in dSeipin mutant fat cells is rescued by the recovery of mitochondrial [Ca2+] or by the restoration of normal citrate levels (Ding et al., 2018).



CONCLUDING REMARKS

About 10 years after the identification of the genes encoding a fundamental MCU regulator (i.e., MICU1, Perocchi et al., 2010) and MCU itself (Baughman et al., 2011; De Stefani et al., 2011), a bulk of information on the channel function and the consequences of its dysfunction has been collected. Most of the studies are based on genetic manipulation of the MCU complex components in specific subcellular compartments or on the disease phenotype of patients carrying mutations in MCU-associated genes. Recently, studies conducted in metabolically active tissues have highlighted the importance of the MCU to warrant metabolic flexibility in the utilization of oxidable substrates. Lack of Ca2+ entry causes defective oxidative metabolism in liver, heart, skeletal muscle and adipose tissue, and rewiring of substrate utilization that determines increased fatty acids oxidation in the heart and skeletal muscle, and lipid accumulation in the liver. Future work will further shed light on the importance of mitochondrial Ca2+ uptake and pyruvate oxidation on critical issues of metabolism, and on the cross-talk between different organs.
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Mitochondria are key determinants of cellular health. However, the functional role of mitochondria varies from cell to cell depending on the relative demands for energy distribution, metabolite biosynthesis, and/or signaling. In order to support the specific needs of different cell types, mitochondrial functional capacity can be optimized in part by modulating mitochondrial structure across several different spatial scales. Here we discuss the functional implications of altering mitochondrial structure with an emphasis on the physiological trade-offs associated with different mitochondrial configurations. Within a mitochondrion, increasing the amount of cristae in the inner membrane improves capacity for energy conversion and free radical-mediated signaling but may come at the expense of matrix space where enzymes critical for metabolite biosynthesis and signaling reside. Electrically isolating individual cristae could provide a protective mechanism to limit the spread of dysfunction within a mitochondrion but may also slow the response time to an increase in cellular energy demand. For individual mitochondria, those with relatively greater surface areas can facilitate interactions with the cytosol or other organelles but may be more costly to remove through mitophagy due to the need for larger phagophore membranes. At the network scale, a large, stable mitochondrial reticulum can provide a structural pathway for energy distribution and communication across long distances yet also enable rapid spreading of localized dysfunction. Highly dynamic mitochondrial networks allow for frequent content mixing and communication but require constant cellular remodeling to accommodate the movement of mitochondria. The formation of contact sites between mitochondria and several other organelles provides a mechanism for specialized communication and direct content transfer between organelles. However, increasing the number of contact sites between mitochondria and any given organelle reduces the mitochondrial surface area available for contact sites with other organelles as well as for metabolite exchange with cytosol. Though the precise mechanisms guiding the coordinated multi-scale mitochondrial configurations observed in different cell types have yet to be elucidated, it is clear that mitochondrial structure is tailored at every level to optimize mitochondrial function to meet specific cellular demands.
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INTRODUCTION

Mitochondria are no longer known simply as the powerhouse of the cell as they have now been shown to play a key part in several cellular processes including metabolite biosynthesis and signaling beyond their classical role in energy metabolism. However, the relative mitochondrial contribution to each of these different cellular processes is determined by the specific demands placed on the cell. For example, the primary function of striated muscle cells is to generate force through muscle contraction. As a result, the main role of mitochondria in striated muscle cells is to convert fuel into the energy needed to sustain this relatively high energy demand task. In contrast, the liver plays a much larger role in the synthesis of proteins, carbohydrates, and lipids, among other products. In support of this increased cellular synthesis demand, the mitochondria in the liver have a relatively greater capacity for metabolite biosynthesis and lower energy conversion capabilities compared to striated muscle mitochondria (Johnson et al., 2007; Phillips et al., 2012). While it is becoming increasingly well established that mitochondrial protein composition can vary largely among different cell types (Mootha et al., 2003; Johnson et al., 2007; Pagliarini et al., 2008; Calvo et al., 2016; Benador et al., 2018), how mitochondrial structural alterations contribute to the wide range of mitochondrial functional capacities observed in different cells is less well understood. Therefore, the aim of this review is to discuss current knowledge of how mitochondrial structure can be modulated and coordinated across different spatial scales to support cells facing diverse functional demands. Highlighting how mitochondrial structure is tightly regulated within a cell, we focus on the functional trade-offs associated with structural alterations within a mitochondrion, at the single organelle and mitochondrial network levels, and between mitochondria and other organelles which contribute to cellular functional specificity.



INTERNAL MITOCHONDRIAL STRUCTURE

Within the mitochondrial outer membrane lies a tortuous mitochondrial inner membrane which can be further separated into an inner boundary membrane running parallel to the outer membrane and the cristae folds protruding into the mitochondrial matrix (Harmon et al., 1974; Frey and Mannella, 2000; Mannella et al., 2013; Cogliati et al., 2016; Tobias et al., 2018). The cristae, rather than the inner boundary membrane, are reported to contain the majority of electron transport chain (ETC) complexes and ATP synthase dimers which, respectively, generate and consume the protonmotive force across the membrane to produce ATP (Gilkerson et al., 2003; Davies et al., 2012; Wilkens et al., 2013; Cogliati et al., 2016). Thus, mitochondria with relatively more cristae are likely to have greater capacities for energy conversion compared with those with less cristae (Figure 1, top). The ETC complexes are also the primary mitochondrial site of reactive oxygen species (ROS) production (Chandel et al., 2000; Chandel, 2014; Brand, 2016; Wong et al., 2017), implying that cristae membrane volume may also determine capacity for ROS signaling. The trade-off associated with increasing the relative mitochondrial volume occupied by cristae, however, is a concomitant reduction in mitochondrial matrix volume. This necessary volumetric exchange has been well described, for example, during postnatal development in both the heart and liver (Smith and Page, 1977; Kanamura et al., 1985). In the rabbit heart three days before birth, the matrix makes up 48% of mitochondrial volume while the inner boundary membrane + cristae take up 39%. However, two days after birth, the transition to more aerobic metabolism results in a redistribution of mitochondrial volume where the inner membrane + cristae occupy more volume than the matrix (47 vs. 42%, respectively) (Smith and Page, 1977). The postnatal transition is slightly altered in the liver and also depends on which region of the liver is assessed; relative matrix volume decreases from 81% to 75% throughout maturation in the perihepatic regions whereas matrix volume decreases from 81% to 75% in the five days after birth in the periportal regions but returns back to 81% by adulthood (Kanamura et al., 1985). Note also that the liver matrix volume is nearly twice that of the heart in these two studies. While acutely condensing the mitochondrial matrix space in response to an energetic challenge would increase matrix metabolite concentrations and propel the energy conversion process temporarily (Hackenbrock, 1966), long term reduction of matrix space means less room available to be occupied by matrix enzymes and mitochondrial DNA nucleoids, suggesting lower capacity for mitochondrial matrix functions as well as mitochondrial DNA transmission and replication. Metabolites generated by the tricarboxylic acid (TCA) cycle in the matrix have recently been identified as important regulators of gene activity (Chandel, 2014; Martínez-Reyes and Chandel, 2020), and the matrix is home to key reactions within several essential biosynthesis pathways often involving extramitochondrial components including purine nucleotide, amino acids, glucose, heme, urea, fatty acids, and cholesterol synthesis (Frezza, 2017; Spinelli and Haigis, 2018). Thus, in cells with greater demand for biosynthesis and signaling, maintaining a larger matrix relative to cristae volume may be advantageous. Indeed, the larger matrix volume in the liver relative to the heart mentioned above is consistent with that liver mitochondria contain less ETC protein content and activity compared to the heart across several species (Phillips et al., 2012), reflecting the relative demands for synthesis and energy conversion among these cell types and demonstrating the close relationship between mitochondrial ultrastructure and function.


[image: image]

FIGURE 1. Functional consequences of different mitochondrial ultrastructure configurations. Top: the relative proportion of mitochondrial volume occupied by cristae or the matrix dictates space available to perform different functions. Scanning electron micrograph (SEM) of a liver mitochondrion from (Bochimoto et al., 2017). Middle right: the relative proportion of flat and curved cristae regions determines the space available for different oxidative phosphorylation enzymes. SEM of brown adipose tissue (Cinti, 2018) and heart mitochondria (Kanzaki et al., 2010) on the left and right, respectively. Middle left: mitochondrial nucleoids share the matrix space with enzymes and metabolites. Cryo-electron tomogram of a heart mitochondrion showing cristae (cyan) and nucleoids (green) from (Kanzaki et al., 2010; Kukat et al., 2015). Bottom left: the rate of cristae dynamics determines the frequency of remodeling and content sharing. Cristae remodeling in HeLa cells shown from (Kondadi et al., 2020). Bottom right: the relative electrical connectivity of cristae regulates distribution rate. Depolarization of some but not all HeLa cell cristae from (Wolf et al., 2019). All figures reproduced with permission.



Cristae Shape

Individual cristae can take several different shapes which are regulated in part by the mitochondrial contact site and cristae organizing system (MICOS) and Opa1 (Olichon et al., 2002; Frezza et al., 2006; Harner et al., 2011; Kondadi et al., 2020). The structural differences observed between lamellar cristae which are more disk or sheet-like in nature and tubular cristae which are more cylindrical may offer distinct functional advantages and disadvantages (Figure 1, middle right). As mentioned above, ETC complexes and ATP synthase dimers are each located primarily within the cristae. However, electron cryotomography studies have suggested that ATP synthase dimers are preferentially located in and perhaps even help form the more curved regions of the cristae such as the tips (Davies et al., 2012; Mühleip et al., 2016), whereas the ETC complexes are located in less curved regions such as the stalks (Vogel et al., 2006; Ikon and Ryan, 2017). These results suggest that the relative curvature of the cristae may regulate the ratio of ETC complexes to ATP synthase within a mitochondrion. Indeed, mitochondria from brown adipose tissue, which are well known for high energy dissipation capacity through uncoupling, have lamellar cristae which appear to extend across the entire width of the mitochondrion (Lever and Chappell, 1958; Inoué and Koike, 1989; Perkins et al., 1998). By extending across the entire organelle and minimizing the curved regions of the cristae, brown fat mitochondria thus have less available space to place ATP synthase dimers, while still maintaining a large region for placement of ETC complexes. In contrast, in heart and skeletal muscle mitochondria where energetic efficiency is critical to sustaining muscle contraction, the lamellar cristae display much more curvature than in brown adipose tissue despite similar cristae densities (Kang et al., 2009; Picard et al., 2015; de-Lima-Junior et al., 2019). In each case, cristae structure appears to be tuned to support the energetic needs of the respective cells.



Cristae Dynamics

Investigations into mitochondrial cristae morphology have traditionally required the use of electron microscopy on fixed specimens to achieve the resolution necessary to observe these structures which are often 30 nm or less in diameter (Palade, 1953; Frey and Mannella, 2000; Mannella, 2006; Hoppel et al., 2009; Zick et al., 2009; Picard et al., 2015). As a result, cristae have traditionally been thought of as stable structures despite the widespread observations of individual mitochondria as dynamic structures over the past two decades (Nunnari et al., 1997; Bleazard et al., 1999; Karbowski et al., 2004; Szabadkai et al., 2004; Twig et al., 2008b; Molina et al., 2009; Lewis et al., 2016). However, recent technological advances have brought the resolution of the light microscope down into the tens of nanometer range which has finally permitted observation of cristae structures in live cells (Dlasková et al., 2018, 2019; Ježek and Dlasková, 2019; Jakobs et al., 2020; Figure 1 bottom left). Application of these super-resolution microscopy techniques to mitochondria from several types of cell culture systems have indeed revealed that cristae are dynamic structures capable of both fission and fusion-type events similar to those which occur at the organelle level (Huang et al., 2018; Stephan et al., 2019; Wang et al., 2019). Earlier this year, cristae dynamics in cultured HeLa and HEK293T cells were shown to be regulated by MICOS proteins MIC13, which was required for both cristae junction and cristae membrane dynamics, and MIC60, which appeared to act as a docking site for cristae junctions (Kondadi et al., 2020). Further, cristae dynamics events were classified in this work as either transverse, Y-type, and X-type where the events occurred perpendicular to the mitochondrial short axis, or through transient Y or X-shaped structures, respectively (see Figure 9 in Kondadi et al., 2020 for examples). As investigations into cristae dynamics are only in their infant stages at present, the functional significance of these events has yet to be tested in physiological systems. It remains to be understood how the frequency of cristae dynamics is modulated across differentiated cell types, in response to different stimuli or under various pathological conditions. If the range of cristae dynamics frequencies across cell types and physiological conditions is parallel to that of individual mitochondrial dynamics, there may be some mitochondria with highly dynamic cristae like those observed thus far in cell culture, while other mitochondria may have more stable cristae structures similar to the relatively low mitochondrial dynamics rates reported in mature striated muscles (Eisner et al., 2014, 2017). Gaining a better understanding of how remodeling cristae shapes through these dynamics events may affect the placement and function of ETC complexes as well as the ATP synthase would also provide keen insight into how the structural changes associated with cristae dynamics are related directly to mitochondrial function.



Cristae Energetics

It has long been assumed that the protonmotive force generated across the mitochondrial inner membrane is uniform throughout the entire organelle thereby making a single mitochondrion akin to a single cell battery. Indeed, it has been proposed that elongated mitochondria can act as a power cable to distribute the electrical component of the protonmotive force, the membrane potential, across long cellular distances (Skulachev, 1969, 1977, 1990; Patel et al., 2016). In support of this power cable hypothesis, localized depolarization of mitochondria within a cell has been shown to result in rapid depolarization of mitochondria over 10 μm away in cultured fibroblasts and neonatal cardiomyocytes (Amchenkova et al., 1988), and more recently in freshly isolated skeletal and cardiac myocytes from mice (Glancy et al., 2015, 2017; Bleck et al., 2018). However, owing again to the advancements in super-resolution microscopy allowing visualization of cristae structures in live cells, recent data suggest that it is also possible for individual cristae to be electrically isolated within a mitochondrion (Wolf et al., 2019). Using fluorescent lipophilic cation dyes which accumulate in proportion to the mitochondrial membrane potential in a variety of cultured cell types, it was reported that individual cristae can maintain different membrane potentials within a single mitochondrion and that the cristae maintain a higher membrane potential than the inner boundary membrane in a MICOS and Opa1 dependent manner. Further, the functional consequences of electrical isolation of individual cristae were tested by depolarizing one end of a single, elongated fibroblast mitochondrion and observing whether the remainder of the mitochondrion depolarized instantaneously (within 0.15 s) or in a wave-like manner. Indeed, the majority of the mitochondria depolarized in a wave-like manner as would be predicted if cristae were functionally independent. However, it is important to note that 20% of the mitochondria tested in this study depolarized instantaneously which supports the single cell battery model of mitochondrial function. These mixed results coupled together with the similarly instantaneous mitochondrial depolarizations observed in striated muscle mitochondria (Glancy et al., 2015, 2017; Bleck et al., 2018) suggest that electrical isolation of individual cristae is the result of one possible structural configuration, whereas an electrically united mitochondrion is another possible configuration (Figure 1, bottom right). The full functional consequences of maintaining cristae as energetically independent units are not yet understood though electrical isolation would inherently slow the spread of any potential dysfunction and provide more time to mount a protective response. On the other hand, as shown with the above mentioned wave-like depolarizations down the length of a mitochondrion, electrically isolating the cristae delays the distribution of membrane potential electrical energy to regions where cellular work has suddenly increased thereby resulting in greater ATP supply and demand mismatches as well as relatively lower capacity for membrane potential-dependent metabolites (e.g., glutamate/aspartate) and ion (e.g., Ca2+) exchange. Thus, it may be advantageous for a relatively large cell which faces rapid changes in energy demand, such as the skeletal muscle, to maintain a uniform membrane potential throughout the entire mitochondrion in order to more optimally respond to cellular energy demands.




INDIVIDUAL MITOCHONDRIAL STRUCTURE

In a cell, mitochondrial shapes and dynamics are finely tuned by fusion and fission proteins whose molecular actions are dependent on the presence of GTP. Mitochondrial elongation is initiated by a gradual merge of the outer mitochondrial membranes (OMM) of two individual mitochondria, for which mitofusin (Mfn) proteins, Mfn1 and Mfn2, are required. Afterward, the inner mitochondrial membranes (IMM) are fully joined by the action of OPA1, and the cristae from separate mitochondria are formed into a new crista structure wherein mtDNA, ions, and other small molecules can be shared. On the contrary, a single elongated mitochondrion can be fragmented into smaller structures through recruiting a group of proteins including a dynamin-like protein Drp1 and its associated proteins such as Mff, Fis1, and Mid49/51. For detailed molecular mechanisms behind mitochondrial fusion and fission systems, see (Detmer and Chan, 2007; Westermann, 2010; Friedman and Nunnari, 2014; Chan, 2019; Dorn, 2019). In addition to modulating mitochondrial structure, these mitochondrial dynamics proteins also play a critical role in maintaining mitochondrial quality control (Twig et al., 2008b). It is often difficult to separate the effects of altering the quality control systems from the effects of alterations in shape, and therefore, the functional changes associated with manipulations of mitochondrial dynamics proteins discussed below may indeed be more related to modulating the mitochondrial quality control systems than to specific changes in individual mitochondrial shape.

Mitochondrial fusion-mediated elongation is accomplished by the cooperative action of outer (e.g., Mfn1/2) and inner (e.g., OPA1) membrane machineries, by which mitochondrial function and homeostasis are maintained (Chan, 2012; Youle and van der Bliek, 2012). Mitochondrial fusion contributes to establish mtDNA stability, as lack of fusion proteins (e.g., double-deletion of Mfn1/2) significantly impaired mtDNA quantity and quality controls in skeletal muscle (Chen et al., 2010). Recently, it was also shown that mitochondrial fusion is important for the regulation of both mtDNA replication machinery and mtDNA nucleoid distribution (Ramos et al., 2019). In the Mfn-defective muscles, mitochondrial oxygen consumption and ATP production were notably downregulated (Chen et al., 2010), indirectly suggesting a connection between mitochondrial structure and oxidative function. In addition, it has been identified that OPA1 associated-mitochondrial tubulation is important for mitochondrial quality control (Ishihara et al., 2006; Quintana-Cabrera et al., 2018). Upon complex III inhibition, for example, overexpression of OPA1 protects mitochondrial oxidative capacity through stabilizing ATP synthase function (Quintana-Cabrera et al., 2018).

Mitochondrial fission plays a significant role in both mitochondrial oxidative function (Favaro et al., 2019) and initial apoptotic signaling (Youle and Karbowski, 2005). Dysregulation of Drp1, a key player for the mitochondrial fission machinery, was shown to lead to elongated mitochondria, which appeared to enhance cellular resistance against the induction of cell death signaling (Cribbs and Strack, 2007). Given that Drp1-associated mitochondrial segmentation is dependent on the action of calcineurin, a protein phosphatase 3 (Cribbs and Strack, 2007), several studies have explored possible linkages between mitochondrial dynamics and calcium handling. For example, in the Drp1-deleted mouse muscle, it was observed that an electrical stimulation-induced calcium response was largely diminished, while swollen mitochondria showed increased calcium uptake along with upregulation of the mitochondrial calcium uniporter (MCU) (Favaro et al., 2019). In addition to skeletal muscle, mitochondrial fission also affects cellular and physiological functions in other tissues. For example, beta cell-specific deletion of Drp1 resulted in not only impaired mitochondrial morphology but also abnormal insulin secretion, although oxygen consumption rate was not significantly affected (Hennings et al., 2018).

The mitochondrial dynamics system is also known for regulating the response to various physiological challenges. Upon starvation, mitochondria form tubular, elongated structures, which have been identified to protect cells from autophagosomal degradation (Gomes et al., 2011) and promote cristae remodeling, mtDNA sharing, and delayed apoptotic signaling (Rambold et al., 2011). These mitochondrial elongation-associated quality controls are dependent on fusion machinery. For example, in mitochondrial fusion impaired cells (i.e., OPA1 KO MEFs), mitochondrial protein abundances for Tom20, Hsp60, and Complex V are significantly down-regulated following serum starvation (Rambold et al., 2011). On the other hand, overnutrition such as hyperglycemia is linked not only with mitochondrial fragmentation (Yu et al., 2019), but also with mitochondrial dysfunction (Bonnard et al., 2008). A hyperglycemia-associated mitochondrial shape transition occurs along with ROS production, which is reversible with a promotion of mitochondrial fusion proteins such as Mfn2 (Yu et al., 2006). Meanwhile, calcineurin-dependent Drp1 dephosphorylation has been shown to move the balance of mitochondrial dynamics toward greater fission (Cereghetti et al., 2008). In the calcineurin-ablated skeletal muscle of mice, elongated mitochondria are more prevalent and they are protected from high-fat diet-associated mitochondrial dysregulation, suggesting an essential role of calcineurin-dependent mitochondrial remodeling upon nutritional challenges (Pfluger et al., 2015).

Mitochondrial morphology and function are both notably altered during cellular development and senescence. Recently, it was shown that proliferating cells accomplish increased mitochondrial oxidative capacity not by mitochondrial biogenesis but by mitochondrial elongation (Yao et al., 2019). As compared to quiescent cells whose morphology is relatively short and fragmented, proliferating cells have more tubular mitochondria, as well as an upregulation of mitochondrial fusion protein abundance (Yao et al., 2019). On the other hand, cellular aging has been also characterized by mitochondrial elongation, although the exact underlying mechanism is not clear yet. In skeletal muscle of old animals, mitochondria located in intermyofibrillar structures are more elongated and branched compared to younger muscles due to an increase in mitochondrial fusion (Leduc-Gaudet et al., 2015). Furthermore, it has been well documented that aging is often associated with reduced mitochondrial function and vitality, and aged tissues including skeletal muscles have severely impaired mitochondrial energetics, biogenesis, and quality controls, as well as imbalanced oxidative stress (Shigenaga et al., 1994; Lopez-Otin et al., 2013).

In addition to aging, pathological conditions have also shown significantly altered mitochondrial dynamics and morphology, as well as mitochondrial dysfunction (Tsushima et al., 2018). For instance, it has been well documented that dysregulated mitochondrial fusion plays a critical role for Charcot-Marie Tooth disease type 2 A, the inherited neurodegenerative disease (Franco et al., 2016; Zhou et al., 2019). Huntington’s disease, another neurological disorder, is also characterized by highly upregulated Drp1-associated fission, as well as fragmented mitochondrial formation (Shirendeb et al., 2012). Meanwhile, given that mitochondrial shapes in cancer cells are more fragmented and associated with poor mitochondrial capacity (Anderson et al., 2018), cancer treatments have been targeted to fix mitochondrial dynamics and dysfunction through promoting mitochondrial elongation (Anderson et al., 2018; Yu et al., 2019). Hence, the irregular mitochondrial shapes and functions observed in various pathological settings have been recognized as a key leading factor for various diseases, as well as a target system for the pharmaceutical treatment, but more research will be needed to clearly define causal relationships between disease-associated mitochondrial remodeling and pathological symptoms.

Additionally, it is important to note that mitochondrial shape can also be regulated independently of mitochondrial fission/fusion proteins. Dysfunctional mitochondria have been shown to be disconnected from the mitochondrial networks found in skeletal muscle cells in a manner inconsistent with mitochondrial fission (Glancy et al., 2017). Localized depolarization caused elongated, branching mitochondria to become more condensed and spherical in nature, although the number of mitochondria decreased and the size of mitochondria increased, respectively. These results may be related to the Miro1 dependent mitochondrial shape transition also recently described where, upon cytosolic calcium stress, tubular mitochondrial structures became more fragmented independent of the mitochondrial fission process (Nemani et al., 2018).


Irregular Mitochondrial Shapes

Several studies have displayed “ring” or “donut”-like mitochondrial structures in different cell types, which seems to be associated with mitochondrial oxidative stress (Liu and Hajnoczky, 2011; Ahmad et al., 2013). For instance, rotenone (complex I inhibitor)- and antimycin (complex III inhibitor)-induced ROS resulted in a mitochondrial structural transition from tubular to donut- or blob-shaped formation, and the ROS-associated mitochondrial donut formations were found to be transient and reversible (Ahmad et al., 2013). Nevertheless, using a combined imaging technique with light and electron microscopy, it was suggest that in response to a loss of membrane potential, many ring-shaped mitochondria did not have “true through holes” but instead had “vase-shaped cavities” (Miyazono et al., 2018). Meanwhile, donut-shaped mitochondria were recently observed by 3D electron microscopy in skeletal muscle of healthy adult mice (Bleck et al., 2018), showing that glycolytic muscle fibers have more donut-like mitochondrial structures as compared to oxidative muscle fibers. Additionally, the glycolytic muscle mitochondrial donut holes were found to be filled with sarcoplasmic reticulum and cytosol, while the holes in oxidative fibers were filled with lipid droplets, suggesting a yet to be defined functional role for mitochondrial donuts (Bleck et al., 2018). Although it is still unclear how and why mitochondria form this specific shape, it has been suggested that donut size is critical for adjusting the bending energy that is a main barrier for mitochondrial donut formations and could be counterbalanced with stress-inducible mitochondrial osmotic pressure (Long et al., 2015).

Two or more individual mitochondria can communicate with each other via thin, tubular connections called mitochondrial nanotunnels, although free-ended extruding mitochondrial nanotunnels are also observed (Vincent et al., 2017). With mitochondrial matrix specific-photoactivable fluorescent proteins (e.g., mtPA-GFP), it was shown that the tube-like structures projected from a mitochondrion can be connected with distant (∼8 μm) mitochondria in matured cardiomyocytes (Huang et al., 2013). Several studies have sought to understand the underlying mechanisms linked with the incidence of mitochondrial nanotunneling formations. Mitochondrial nanotunnels spanning at various distance (i.e., ∼1 to over 5 μm) have been shown to contribute to the transfer of mitochondrial matrix contents and are dependent on SR-mediated calcium signaling (Lavorato et al., 2017). In a study based on 3D electron tomograms, it was proposed that these nanotunnels may be formed by pulling and/or extending actions by microtubules, as many nanotunnels are arranged along with microtubules in close distance and they also have parallel cristae orientation (Lavorato et al., 2017). Also, it was shown that Miro2, a major protein for mitochondrial trafficking along the microtubules, is required in the mitochondrial nanotunneling formations in cardiomyocytes (Cao et al., 2019). Additionally, more prevalent mitochondrial nanotunneling structures were observed in skeletal muscles of mitochondrial disease patients (Vincent et al., 2019).



Individual Mitochondrial Structure and Function Across Different Tissues

Tissue-specific mitochondrial morphologies have been identified and suggested to be important for particular tissue functionality and vitality (Scalettar et al., 1991; Hara et al., 2014; Glancy et al., 2015; Brandt et al., 2017; Figure 2), yet the underlying mechanisms and causalities are still unclear. For example, in the liver, individual mitochondrial structures are seen as compact, spherical shapes (Scalettar et al., 1991; Brandt et al., 2017). However, upon cellular stress, liver mitochondria change their spherical morphologies into either donut- or c-shaped formation (Ding et al., 2012), and aged liver tissues also show various empty spaces in the center of mitochondria (Brandt et al., 2017). In the brain, several investigations have revealed how mitochondrial morphology and function are related. For instance, mitochondria in the white matter of the mature mouse brain are elongated, tubular structures, but during the aging process, there is a reduction in mitochondrial number and an increase in length within these central tissues (Stahon et al., 2016). In this study, they also claimed that aging-related oxidative stress and impaired energy production may be linked with the alteration of mitochondrial morphologies in the brain tissues (Stahon et al., 2016). Meanwhile, it has been also suggested that mitochondrial morphology plays a key role for cognitive function. In the prefrontal cortex of monkey, both aging and deleted estrogen effects (i.e., ovariectomized) resulted in many donut-shaped mitochondrial formations at the presynaptic area where the size of active zones, as well as the number of docked vesicles, are smaller than in the brain of young or non-ovariectomized animals (Hara et al., 2014). Skeletal muscles have unique mitochondrial structures which are highly elongated and branched and contribute to the formation of a mitochondrial reticulum (Bubenzer, 1966; Bakeeva et al., 1978; Ogata and Yamasaki, 1985; Kirkwood et al., 1986; Glancy et al., 2015). It has been also reported that mitochondrial morphology is significantly related to muscle oxidative and calcium cycling capacities, as oxidative muscle fibers have larger volumes of individual mitochondria than glycolytic muscle fibers while glycolytic fibers have increased relative surface areas which allows for better exchange of calcium and other ions or metabolites with the cytosol (Bleck et al., 2018). Those observations suggest that mitochondrial structures are tightly linked with tissue quality and function.
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FIGURE 2. Functional consequences of different individual mitochondrial structures. Top: individual mitochondrial volume determines the relative capacity for function but displaces other structures. Middle: Elongated or compact mitochondrial shapes determine the surface area available for interactions relative to mitochondrial volume. Bottom: irregular mitochondrial shapes allow for communication and interaction across various cellular distances. All heart and skeletal muscle mitochondrial 3D renderings shown were created from raw data available within (Glancy et al., 2017; Bleck et al., 2018).





MITOCHONDRIAL NETWORK STRUCTURE

In cells, mitochondria can exist as either punctate, individual mitochondria or branched, highly connected architectures (Bleck et al., 2018; Valente et al., 2019) termed the mitochondrial network or reticulum (Figure 3). For example, mitochondria in vascular smooth muscles are ovoid or rod-shaped (Nixon et al., 1994; McCarron et al., 2013). On the other hand, the endothelium contains a tubular mitochondrial network (Shenouda et al., 2011). The importance of mitochondrial networks and connectivity in energy generation and signaling, as well as the significance of crosstalk between mitochondrial networks and other organelles, is being increasingly recognized. Mitochondrial network disruption causes mitochondrial dysfunction and has been implicated in multiple disorders (Annesley and Fisher, 2019), though some cell types, such as the smooth muscles mentioned above, normally operate in the absence of a mitochondrial network. Mitochondrial networks are complex, cell-type specific configurations that vary depending on cellular function and energy needs.
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FIGURE 3. Functional consequences of different mitochondrial network structures. Top left: the size of the mitochondrial network determines the relative mitochondrial functional capacity within the cell. Shown are individual mitochondria (various colors) within oxidative (left) and glycolytic (right) muscle mitochondrial networks from (Bleck et al., 2018). Top right: Connectivity of mitochondrial networks enables rapid distribution. Mitochondrial networks from healthy (left) and diabetic (right) pancreatic β-cells are shown from (Ježek and Dlasková, 2019). Bottom left: mitochondrial networks can be dynamic or relatively stable. Mitochondria in axons (left from Misgeld et al., 2007) and H9c2 cells (middle from Eisner et al., 2014) are highly dynamic, while skeletal muscle mitochondria (right from Eisner et al., 2014) are relatively stable. Bottom right: regional variations in mitochondrial distribution allows for subcellular specification of mitochondrial function. Neurons (left from Gao et al., 2019) and salivary acinar cells (right from Porat-Shliom et al., 2019) both display regional heterogeneity of mitochondrial networks. All images reproduced with permission.


The mitochondrial reticulum enables flow of ions, proteins, metabolites, and mtDNA as well as efficient conduction of energy. The relatively stable, highly connected nature of mitochondria in both cardiac and skeletal muscles near the sarcolemma and between the myofibrils have been shown to support distribution of the electrical energy of the mitochondrial membrane potential rapidly throughout the cell (Amchenkova et al., 1988; Glancy et al., 2015, 2017; Bleck et al., 2018). However, just as cristae and individual mitochondria can be highly dynamic as discussed above, the electrical connectivity of mitochondrial networks also appears capable of dynamic responses to changing cellular environments. Localized dysfunction within mitochondrial networks induced by spatially controlled mitochondrial depolarization was found to result in rapid (5-10 s) disconnection of damaged mitochondria from the remainder of the network in striated muscle cells (Glancy et al., 2017). Seemingly, in contrast to these results, hypoxia and nutrient stress were found to lead to heterogeneous mitochondrial membrane potentials throughout the cardiac cell and localized ROS bursts led to synchronized, cell-wide oscillations in membrane potential and other energetic intermediates (Romashko et al., 1998; Aon et al., 2003, 2004; Juhaszova et al., 2004). However, these oscillations occurred ∼45 s after stress which is much slower than the network disconnection kinetics demonstrated for cardiac cells above. Further, more recent work by the same group (Kurz et al., 2010) showed that these spatio-temporal oscillations of membrane potential occurred in synchronized clusters of many neighboring mitochondria, leading to the conclusion that local coupling between neighboring mitochondria is dynamic in nature.

Furthermore, in response to external stimuli, cells can also alter their functional state via changes in mitochondrial network configuration. In yeast, there is an increase in mitochondrial networks and mitochondrial protein contents when yeast cells are in transition from a non-respiratory to respiratory state (Ohlmeier et al., 2004; Rafelski, 2013). Similarly, live cell imaging in HeLa cells revealed that change in energy substrates from glycolytic to oxidative is accompanied by both tubule branching and thinning in the mitochondrial networks (Rossignol et al., 2004).


Functional Significance of Mitochondrial Network Structure

Mitochondrial network arrangement and the position of each mitochondrion in various cell types and tissues depend on the physiology and energy demand of the cell. In some cell types, mitochondria behave as dynamic networks, frequently changing network shape and subcellular distribution (Amchenkova et al., 1988; Bereiter-Hahn, 1990; Yaffe, 1999; Skulachev, 2001; Westermann and Prokisch, 2002). In cardiac and skeletal muscles of vertebrates, mitochondria are arranged into a highly organized, relatively stable mitochondrial reticulum (Bakeeva et al., 1978; Ogata and Yamasaki, 1985; Kirkwood et al., 1986; Weibel and Kayar, 1988; Glancy et al., 2015; Bleck et al., 2018). Likely in pancreatic cells and HL-1 cells with a cardiac phenotype, yeast cells show a dynamic mitochondria reticulum of branched tubules surrounding the nucleus (Hermann and Shaw, 1998; Egner et al., 2002; Karbowski and Youle, 2003). In neurons, where there is high energetic demands, there is a constant movement of mitochondria from cell body to synaptic sites with heterogeneous mitochondrial networks (Ligon and Steward, 2000; Miller and Sheetz, 2004; Miller et al., 2006). On the other hand, mitochondria in hepatocytes are more uniformly distributed throughout the whole cell (Brandt et al., 1974). In vitro culture of HL-1 cells with differentiated cardiac phenotype reveals a regular mitochondrial arrangement dissimilar to the native cardiac tissue mitochondrial structure, wherein dynamic dense mitochondrial reticulum undergo continual displacement and reorganization (short spheres or long filamentous mitochondria) (Kuznetsov et al., 2006; Pelloux et al., 2006). These pieces of evidence strongly suggest the functional and physiological relevance of mitochondrial network organization in cells and tissues.

Mitochondrial network morphology is not only specific to cell types but also demonstrates intracellular heterogeneity. Within a cell, mitochondria positioned at different site-specific regions display different morphology and biochemical properties (Romashko et al., 1998; Kuznetsov et al., 1998, 2004a, 2006; Collins et al., 2002; Collins and Bootman, 2003; Glancy et al., 2015; Benador et al., 2018; Porat-Shliom et al., 2019; Willingham et al., 2019). For example, mitochondrial populations close to the plasma membrane play an important role in functional coupling of ATP guided ion channels (e.g., Ca2+ entry) (Lawrie et al., 1996). Perinuclear mitochondrial networks regulate gene transcription by increasing ROS in the nucleus under hypoxia in intact lungs and cultured pulmonary artery endothelial cells (Al-Mehdi et al., 2012). In pancreatic acinar cells, mitochondria are organized into three functionally distinct groups located at the peripheral basolateral region near the plasma membrane, surrounding the nucleus, and between the granular area and basolateral region (Park et al., 2001). Specific subsets of mitochondrial networks and mitochondrial populations within cell types display dissimilar responses to substrates and inhibitors, as well as varied resistance or sensitive to oxidative stress, apoptosis or pathology (Romashko et al., 1998; Kuznetsov et al., 2004b; Chen et al., 2005; Willingham et al., 2019). A wide spectrum of cells (hepatocytes, HUVEC, astrocytes, HL-1 cells, fibroblasts and cultured human carcinoma cells) and tissues (cardiac, skeletal muscles and liver) display heterogeneous mitochondrial networks (Collins et al., 2002; Kuznetsov et al., 2004a, 2006; Bleck et al., 2018; Glancy, 2020). These findings highlight the extent of mitochondrial network complexity and diversity, which is likely involved in the diverse responses to various environmental stress and pathological processes across cell types.



Mitochondrial Network Remodeling and Maintenance

The remodeling of dynamic mitochondrial networks depending on the changing physiological states of the cells or tissues is achieved by mitochondrial biogenesis, transport, and mitophagy, as well as by fusion and fission (Westermann, 2011; Labbe et al., 2014). Maintenance of mitochondrial network architecture via fusion and fission is important for proper mitochondrial and cellular function (Chen and Chan, 2005). In vitro experiments using digitonin-permeabilized cells fueled with substrates for ETC complexes I, II, and IV revealed that mitochondrial fragmentation caused by deficiency or absence of fusion factors like OPA1 and MFN1/2 results in significant reduction in mitochondrial respiratory capacity (Chen et al., 2005). On the other hand, yeast double mutants of genes responsible for fission and fusion showed interconnected mitochondrial networks as seen in wild-type cells (Sesaki and Jensen, 1999). Thus, although imbalance in fusion and fission can affect mitochondrial network configuration and function, fusion and fission factors are not solely responsible for mitochondrial network formation and maintenance. Several accessory proteins interact with core fusion and fission machinery to maintain mitochondrial network configurations (Cid-Castro et al., 2018; Yu and Pekkurnaz, 2018). Further, mitochondria are tethered to cytoskeletal elements and other organelles (Anesti and Scorrano, 2006; Schorr and van der Laan, 2018) (and discussed in detail below) and these interactions are crucial in determining mitochondrial network organization and function within the cell. Thus, the maintenance and functioning of mitochondrial networks not only involve the components of mitochondrial biogenesis, mitophagy, fusion, and fission, but are also regulated by various other factors. Further investigation is needed to identify the cellular factors that govern the formation and maintenance of mitochondrial networks.



Mitochondrial Network Dysfunction

Characterizing the link between defects in mitochondrial network organization and mitochondrial dysfunction is particularly important in the context of aging and pathophysiological conditions. Recently, studies have explored the effect of mutations in mtDNA on mitochondrial network formation in human muscles and found that mitochondrial networks with mutant mtDNA form highly branched networks with increased nanotunnels between mitochondria (Vincent et al., 2019). In patients with mutations in respiratory-chain subunits, defective energy production was accompanied by mitochondrial network fragmentation in fibroblasts (Capaldi et al., 2004; Koopman et al., 2005). Interestingly, in fibroblasts, the inhibition of oxidative phosphorylation through respiratory chain complex I using rotenone perturbed mitochondrial network structure (Benard et al., 2007). Increased mutational heteroplasmy and mitochondrial stress also led to fragmentation in the mitochondrial network, whereas metabolic starvation induced increased fusion and mitochondrial tubulation (Gomes and Scorrano, 2011; Rambold et al., 2011).

Within mitochondrial networks, structural connectivity and energy conversion are interlinked; knockdown of fission factor, Drp1, in HeLa cells resulted in mitochondria that produced lesser energy (Benard et al., 2007). Mutations in genes responsible for mitochondrial fusion or fission affect mitochondrial network organization and also inhibit energy metabolism (Amati-Bonneau et al., 2005; Pich et al., 2005). In neurons, inhibition of mitochondrial fusion by OPA1 knock-out causes mitochondrial network fragmentation that is associated with mitophagy and defects in axonal transport (Twig et al., 2008a; Gomes and Scorrano, 2011). Ablation of mitochondrial fusion and fission leads to severe defects in mitochondrial function and metabolism in cardiac or skeletal muscles (Song et al., 2017). Studies in model organisms like Drosophila indicate that fragmented mitochondria resulting from loss of fusion factors are dysfunctional and negatively affect muscle physiology (Rai et al., 2014). Mitochondrial inflammatory myopathy caused by ablation of Opa1 in muscles is characterized by fragmented mitochondria (Rodriguez-Nuevo et al., 2018). In human skeletal muscles, mutation in fusion protein, Opa1, leads to abnormal mitochondrial morphology associated with reduced oxidative phosphorylation and ATP production (Lodi et al., 2004). However, as mentioned above, more work is needed to unravel whether the specific functional effects observed in mitochondrial dynamics knockdown models are due to alterations in the mitochondrial quality control system or to changes in mitochondrial structural configuration.




MITOCHONDRIA-ORGANELLE INTERACTIONS

Because mitochondria serve critical roles in energy conversion, calcium cycling, lipid synthesis, and autophagy, it is imperative that mitochondria coordinate cellular processes with other organelles. While mitochondria-organelle contact sites have been observed for decades, recent advancements in cellular imaging techniques have revealed a complex organelle interactome in which mitochondria form functional contact sites with multiple organelles including the endoplasmic reticulum, lipid droplets, plasma membrane, microtubules, lysosomes, and endosomes. Mitochondria-organelle interactions facilitate cellular communication through the exchange of lipids, Ca2+, and other metabolites, and regulate mitochondrial metabolism, division, and biosynthesis through specialized (inter-organelle) structure-function relationships (Figure 4). The specific function of mitochondria-organelle interactions is regulated by the physical structure of the contact site, and studies across multiple models have found that the landscape of mitochondrial-organelle interactions is specialized according to cell type and adaptable to changes in cellular energy homeostasis. Moreover, mitochondria in contact with other organelles exhibit distinct protein expression profiles and functional capacities providing another mechanism by which structure-function relationships influence mitochondrial biology.
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FIGURE 4. Structure-Function relationships of the Mitochondrial Interactome. Mitochondria-organelle interactions support cellular communication and facilitate many different processes related to energy metabolism, biosynthesis, and mitochondrial division through specialized structure-function relationships, and the topology of the overall mitochondrial-organelle can be specialized according to cell type and adaptable to changes in cellular energy homeostasis. The specific functions of mitochondria-organelle interactions are regulated by the transmembrane channels and tethering proteins that comprise the physical structure of the interorganelle contact site. Intermitochondrial junction (IMJ); Voltage-dependent anion channel (VDAC); Adenosine Triphosphate (ATP); Mitofusin 1 (MFN1); Mitofusin 2 (MFN2); Perilipin 5 (PLIN5); Phosphatidylserine (PS); Phosphatidylethanolamine (PE); Fatty acid (FA); Oxysterol-binding protein–related protein 5/8 (ORP5/8); Protein tyrosine phosphatase-interacting protein 51 (PTPIP51); Inositol-1,4,5-trisphosphate receptors (IP3R); β-cell receptor-associated protein 31 (Bap31); Mitochondrial fission 1 protein (Fis1); Dynamin related protein 1 (DRP1); Mitochondria fission factor (Mff); Ryanodine receptor (RyR); Sarco/endoplasmic reticulum Ca2+-ATPase (SERCA).



Mitochondria-Endoplasmic Reticulum Contacts

The endoplasmic reticulum (ER) supports many cellular processes and closely works with the mitochondria to synchronize several biosynthesis and cell signaling pathways. Contact sites between mitochondria and the ER have been reported for decades across many cell types (Morre et al., 1971; Vance, 1990), and these interactions have been shown to largely support lipid synthesis and calcium transport. However, advances in live cell imaging strategies have revealed unique structure-function relationships of mitochondria-ER contact sites (Rizzuto et al., 1998; Friedman et al., 2011; Lewis et al., 2016; Valm et al., 2017; Guo et al., 2018), and recent studies have demonstrated how interactions between mitochondria and ER can regulate more complex cellular processes such as mitochondrial dynamics and DNA replication (Friedman et al., 2011; Lewis et al., 2016).

Mitochondria contact the ER more than any other organelle in the cell (Valm et al., 2017), and in cells with high calcium cycling demands, such as skeletal muscle, over 97% of the mitochondria are in contact with the ER (Bleck et al., 2018). Moreover, despite constant remodeling of the ER network (Nixon-Abell et al., 2016; Guo et al., 2018), studies in primate fibroblasts have demonstrated that contact sites between mitochondria are maintained during organelle trafficking and cellular stress (Friedman et al., 2010, 2011; Valm et al., 2017) and that the perseverance of mitochondria-ER contact sites during mitochondrial trafficking can itself serve as a mechanism by which ER remodeling occurs (Friedman et al., 2010; Guo et al., 2018). The tight connections formed between ER and mitochondria are maintained by tethering proteins such as protein tyrosine phosphatase-interacting protein 51 (PTPIP51) (De Vos et al., 2012), Mfn2 (de Brito and Scorrano, 2008), and Fis1 (Iwasawa et al., 2011) that are expressed on the outer membrane of mitochondria in contact with the ER. While mitochondria-ER interactions are abundant across many cell types, specific structure-function relationships at the site of contact can alter the biological function of these interactions in different cell types and conditions.

The proximity of the mitochondria and ER membranes allows for rapid, controlled exchange of ions between these organelles, and the role of mitochondria-ER interactions in cellular Ca2+ signaling has been historically appreciated (Giorgi et al., 2018). Structurally, Ca2+ exchange at the mitochondria-ER contact sites is enabled by voltage-dependent anion channels (VDACs) and mitochondrial-calcium uniporter (MCU) on the outer and inner membrane of the mitochondria, respectively, as well as the inositol-1,4,5-trisphosphate receptors (IP3R) and the sarcoplasmic reticulum ATPase (SERCA) expressed on the outer membrane of the ER (Szabadkai et al., 2006; Chami et al., 2008). Upon activation, IP3R releases Ca2 + from the ER, creating a localized bolus of Ca2+ within the cytosol at the surface of the ER. While the affinity of VDAC to Ca2+ is relatively low, the tight tethering of mitochondria to the ER holds the membranes in close proximity and therefore mitochondrial VDACs are exposed to high regional Ca2+ concentrations during IP3R activation, which enables mitochondrial Ca2+ uptake (Rizzuto et al., 1993, 1998; Rapizzi et al., 2002). While IP3R activation is regulated by many cellular signaling pathways, the exchange of Ca2+ between the mitochondria and ER can be regulated by the physical characteristics of mitochondria-ER contact sites. Specifically, studies in cultured HeLa cells and myotubes have shown that increasing either VDAC expression or cytosolic-facing domain of IP3R in these cells is associated with a greater and more rapid increases in mitochondrial Ca2+ concentration immediately following stimulated ER Ca2+ release (Rizzuto et al., 1998). Moreover, studies evaluating the effect of tethering distance between mitochondria and ER in basophils found that mitochondrial Ca2+ could be enhanced by pulling the organelles closer together using synthetic linkers (Csordas et al., 2006), demonstrating how the spatial dynamics of mitochondria-ER contact sites can directly modulate interorganelle Ca2+ flux within these microdomains.

Calcium signaling is pivotal to cellular communication, and therefore the structure-function relationships of mitochondria-ER contact sites can serve as a regulatory mechanism for many cellular processes. For example, mitochondria can initiate apoptosis through the release/activation of cytochromes, caspases, DNase, and other apoptosis inducing factors (Hajnoczky et al., 1999), and experiments in mammalian cell lines have demonstrated how the structure and function of mitochondria-ER contact sites can regulate these pathways through Ca2+ exchange. Experiments in HeLa cells and basophils have demonstrated that exposure to apoptotic stimuli increases mitochondria-ER contact and decreases the distance between these organelles at the sites of interaction, resulting in increased Ca2+ uptake (Hajnoczky et al., 1999; Pinton et al., 2001; Csordas et al., 2006; Bravo et al., 2011). Apoptotic interactions between mitochondria and ER are stabilized and activated by FIS1-Bap31 tethering complex and IP3R-VDAC Ca2+ exchange (Iwasawa et al., 2011). Moreover, imaging studies in HeLa cells have found that increases in mitochondrial Ca2+ uptake following apoptotic stimuli can induce mitochondrial swelling and fragmenting of the mitochondrial network (Pinton et al., 2001). So, although mitochondrial-ER contact sites can provide Ca2+ buffer system under normal conditions, changes in these contact sites during periods of cell stress may cause large increases in mitochondrial Ca2+,which can lead to mitochondrial permeability and the induction of apoptotic pathways.

In striated muscle cells, mitochondria-ER Ca2+ exchange is also associated with the transient release of Ca2+ from the sarcoplasmic reticulum (SR) during muscle contraction, but in this system, the Ca2+ extrusion from the SR is regulated by the ryanodine receptors (RyR). The RyR is expressed on the outer membrane of the SR and is activated in either a Ca2+ (heart) or voltage (skeletal muscle) dependent manner following action potential propagation down the T-tubule (TT) system. Mitochondria-ER contact sties in striated muscle cells localize mitochondria to the dyad and triad SR-TT structures in heart and skeletal muscle, respectively, creating a mitochondria-SR-TT microdomain (Franzini-Armstrong et al., 1998, 2005). Therefore, similar to the IP3R-mediated Ca2+ release, mitochondrial VDAC is activated during muscle contraction by transient increases in Ca2+ concentrations within the mitochondria-SR-TT microdomains. Indeed, mitochondrial Ca2+ uptake has been shown to increase flux through multiple metabolic pathways, including oxidative phosphorylation, and the coupling of muscle contraction with mitochondrial Ca2+ striated muscles may provide a feedforward mechanism to support increases in cellular energy demand during muscle contraction (Murphy et al., 1990; Territo et al., 2000; Wust et al., 2011; Glancy et al., 2013). Furthermore, diastole and skeletal muscle relaxation require ATP-dependent Ca2+ reuptake into the SR, and the colocalization of mitochondria and SR provides rapid diffusion cellular free energy to SERCA at the surface of the SR (Territo et al., 2000; Franzini-Armstrong et al., 2005; Bleck et al., 2018).

Cellular lipid homeostasis is also supported by specialized phospholipid synthesis and trafficking mechanisms at the mitochondria-ER contact sites. Mitochondria cannot independently synthesize specific phospholipids such as phosphatidylserine (PS) and phosphatidic acid that serve as precursors for phosphatidylethanolamine (PE) and cardiolipin, respectively, and therefore rely on the ER-mediated biosynthesis of these lipids. While high resolution images have revealed that mitochondria-ER contact sites are not coupled to the ribosome secretory pathway (Csordas et al., 2006), mitochondria-ER contact sites provide efficient, non-vesicular lipid transport between these organelle (Vance, 1990; Vance and Tasseva, 2013). In yeast, studies have demonstrated the role of ER-mitochondria encounter site (ERMES) as the major player in mitochondria-lipid transport (Kornmann et al., 2009; Toulmay and Prinz, 2012; Schauder et al., 2014), but the ERMES complex are not evolutionarily conserved in mammalian cells. Studies in HeLa cells have found that the phospholipid exchanging proteins ORP5 and ORP8 localize to mitochondria-ER contact sites and associate with PTPIP5 (Chung et al., 2015; Galmes et al., 2016) and that ORP5/8 depletion results in alterations in mitochondrial ultrastructure including robust declines in cristae formation as well as reductions in energetic capacity (Galmes et al., 2016). Notwithstanding, these studies did not directly evaluate lipid trafficking, and the mechanisms of phospholipid transfer between the mitochondria and ER in mammalian cells remain unknown. In addition to supporting PE and cardiolipin biosynthesis, lipid trafficking between the mitochondria and ER also facilitates autophagosome formation (Hailey et al., 2010; Gomes et al., 2011; Rambold et al., 2011, 2015; Gomez-Suaga et al., 2017; Nguyen et al., 2017). Studies in mammalian cell lines have found that, during periods of starvation, autophagosomes form at mitochondria-ER contact sites in an Mfn2-dependant manner (Hailey et al., 2010). Further experiments using a fluorescently labeled PS analog determined that ER-derived PS was shuttled from the ER into the mitochondria where it was subsequently converted into PE and used to construct the membranes of newly formed autophagosomes (Hailey et al., 2010). Interestingly, autophagosomes are not associated with mitochondria-ER contact sites during periods of ER-stress and may even attenuate autophagy under basal conditions, suggesting that the role of mitochondria-ER lipid trafficking in the formation of autophagosomes is specific to autophagic pathways activated during periods of nutrient deprivation (Hailey et al., 2010; Stoica et al., 2014; Gomez-Suaga et al., 2017).

In addition to ion and lipid trafficking, mitochondria-ER interactions can facilitate mitochondrial dynamics and events and studies in yeast and mammalian fibroblasts have found that more 80% of mitochondrial fission events occur at mitochondria-ER contact sites (Friedman et al., 2011; Guo et al., 2018). Live cell experiments have revealed that the mitochondria-ER contact sites associated with mitochondrial division are defined by unique physical interactions between these organelle where the ER tubules cross over and constrict the mitochondria (Friedman et al., 2011; Guo et al., 2018). In yeast, ER tubules nearly circumscribe mitochondria and constricted the diameter of the mitochondria by more than 30% (Friedman et al., 2011). While the 3D spatial dynamics of mitochondria-ER division is less understood, time course imaging studies in mammalian cell lines have demonstrated that mitochondrial-ER contact sites are maintained throughout the division of mitochondria at the site of ER-mediated constriction. Furthermore, mitochondria-ER interactions associated with mitochondrial division are spatially coupled to nucleoids with actively replicating mtDNA in mammalian systems, suggesting that these contact sites coordinate divisions at the outer and inner mitochondrial membranes (Lewis et al., 2016). While mitochondrial division proteins Drp1 and Mff colocalize to mitochondria-ER interactions and are necessary for mitochondrial division, experiments in primate fibroblasts depleted of Drp1 and Mff found that these proteins are not required for ER-mediated mitochondrial constriction (Friedman et al., 2011; Lewis et al., 2016). Moreover, constriction of mitochondria by ER is also associated with mitochondrial fusion, and studies in mammalian cells have found that fusion events at mitochondria-ER contact sites occur more often as 43% faster compared to mitochondrial fusion events not associated with ER (Guo et al., 2018). Although the role of mitochondria-ER interactions in mitochondrial kinetics remains elusive, the preponderance of evidence suggests that constriction of mitochondria by ER facilitates fission and fusion events by decreasing the mitochondrial surface area at this interface and thereby enabling the actions of the division machinery and expediting the coalescence of mitochondrial membranes.



Mitochondria-Lipid Droplet Contacts

Mitochondria metabolize, synthesize, and structurally incorporate lipids, and it is therefore not surprising that mitochondria-lipid droplet interactions are predominant across numerous cell types including fibroblasts, striated muscles, brown fat, and others. While mitochondria-lipid droplet interactions represent a significant portion of the organelle interactome, these interactions are dynamic and the frequency and function of mitochondria-lipid droplet interactions vary across cell types and metabolic states. Lipid droplets serve as cellular storage for fatty acids (FAs) in the form of triacylglycerides (TAGs), but the biological function of mitochondria-lipid interactions may support either metabolism or synthesis of TAGs depending on the cell type and metabolic status. For example, in cells with high energy demands, mitochondria-lipid interactions support cellular energy homeostasis by breaking TAGs down into FAs and importing them into the mitochondria to be used in FA-oxidation (Tarnopolsky et al., 2007; Shaw et al., 2008; Wang et al., 2011; Cabodevilla et al., 2013; Herms et al., 2015; Rambold et al., 2015; Bleck et al., 2018). Alternatively, other mitochondria-lipid interactions are designed to power ATP-dependent TAG synthesis with mitochondrial oxidative phosphorylation (Benador et al., 2018). Lipid droplets can also protect mitochondria from FA toxicity by buffering FAs from the cytosol and the interactions between these organelle can adapt to periods of metabolic stress (Herms et al., 2015; Rambold et al., 2015; Nguyen et al., 2017).

Depending on the function of mitochondria-lipid droplet interactions, the frequency and structure of these contact sites can be modulated to sustain energy homeostasis across different cell type and metabolic states. Studies evaluating lipid-organelle interactions in primate fibroblasts have found that 20% of the lipid droplets form contact sites with mitochondria and demonstrated that these interactions directly facilitate the transport of FAs from LDs into mitochondria for FA-oxidation (Valm et al., 2017). Moreover, functional experiments of FA metabolism in these fibroblasts demonstrated that the level of interaction between lipid droplets and mitochondria can increase ∼10% following nutrient deprivation to sustain the increased reliance on FA metabolism (Valm et al., 2017). Mitochondria-lipid droplet interactions also support FA metabolism in striated muscles cells, and high resolution electron microscopy images of murine striated muscles have shown that 20-50% of the mitochondria are in contact with lipid droplets and that the distribution of these interactions across muscle cell types is directly related to energetic capacity (Bleck et al., 2018). Specifically, mitochondria-lipid droplet interactions are more than twice as prevalent in cardiomyocytes compared to cells from slow-twitch oxidative skeletal muscle cells; whereas essentially no mitochondria-lipid interactions are found in cells from fast-twitch glycolytic muscles (Bleck et al., 2018). Similarly, studies evaluating lipid droplet interactions in human skeletal muscle cells have found that 50-75% of the lipid droplets interact with mitochondria and reported a 12-21% increase in mitochondria-lipid droplet interactions following exercise (Tarnopolsky et al., 2007). In other cell types, mitochondria-lipid droplet interactions support lipid synthesis, and the transmission of stored energy between these organelles is reversed. In tissues such as brown adipose tissues (BAT), 75% of the mitochondria are in contact with lipid droplets, but functional experiments in murine BAT cells demonstrated these contact sites support ATP-mediated TAG biosynthesis (Benador et al., 2018). Furthermore, increasing FA oxidation with cold exposure reduced the proportion of mitochondria touching lipid droplets by more than half and increases in mitochondria-lipid droplet interactions were associated with robust increases in lipid droplet size (Benador et al., 2018).

While altering the frequency of contact sites between mitochondria and lipids provides a mechanism for throttling cellular FA flux, the precise functions of mitochondria-lipid interactions are determined by the protein expression and morphology of the mitochondria participating in these points of contact. Although less is known about mitochondrial tethering mechanisms associated with lipids compared to the ER, it has been shown that mitochondria express tethering proteins such as Plin5 and Mfn2 on the OMM at lipid sites (Granneman et al., 2011; Wang et al., 2011; Bosma et al., 2012, 2013; Benador et al., 2018), and increases in the expression of these tethers are associated with increased mitochondria-lipid interactions. In addition, mitochondria-lipid contact sites that support the import of FA into the mitochondria are comprised of specific machinery required for TAG metabolism such as adipose triglyceride lipase (ATGL) (Smirnova et al., 2006; Rambold et al., 2015), and some studies suggest that simultaneous TAG synthesis and ATGL-mediated lipolysis can regulate FA flux and therefore protect mitochondria from FA toxicity during starvation and periods of autophagy (Nguyen et al., 2017).

Mitochondria in contact with lipid droplets also exhibit distinct morphology that supports the function of the interaction. In mature muscle cells, large, elongated mitochondria wrap around the lipid droplets to increase surface area of contact between the organelle (Tarnopolsky et al., 2007; Shaw et al., 2008; Wang et al., 2011; Bleck et al., 2018) and are highly connected to surrounding mitochondria. Similarly, studies in MEFs have found that increases in FA metabolism are associated with the formation of fused, tubular networks of mitochondria (Gomes et al., 2011; Rambold et al., 2011, 2015) and these connected networks directly enable for the distribution of LD-derived FAs throughout the mitochondria during periods of increased reliance on beta-oxidation. In BAT, mitochondria in contact with lipid droplets are also significantly larger and elongated, but in keeping with the TAG synthesis role of mitochondria-lipid droplet contacts in this tissue, functional studies found that mitochondria attached to lipid droplets actually have lower capacity to metabolize FAs and higher ATP production rates (Benador et al., 2018). Together, these experiments demonstrate how the regularity, structure, and function of mitochondria-lipid interactions can regulate cell-type specificity and subcellular specialization of mitochondrial function.



Mitochondria-Microtubule and Plasma Membrane Contacts

Mitochondrial motility and spatial distribution within cells can be enabled, in part, through interactions with the microtubules (MT) and plasma membranes (PM). The capacity to transport and spatially distribute mitochondria within the cell allows for localized regulation of metabolism and calcium buffering as well as proper distribution of mitochondria during cell division. Long-distance transport of mitochondria is largely supported by mitochondria-MT interactions where anterograde and retrograde movement of mitochondria along microtubules is powered by kinesin and dynein motors (Morris and Hollenbeck, 1995; Pilling et al., 2006). In higher eukaryotes, mitochondria-MT interactions are comprised of a motor/adaptor complex in which the mitochondrial outer membrane protein Miro interacts with the kinesin motor Kinesin-1 through the adaptor protein Milton (Stowers et al., 2002; Guo et al., 2005; Glater et al., 2006; Wang and Schwarz, 2009). Long-distance mitochondrial transport is particularly critical in large, asymmetric cells with highly specialized subregions. In neurons, mitochondria are transported down axons along MTs to provide cellular free energy and calcium buffering support at sites of synaptic transmission and neurite growth (Morris and Hollenbeck, 1993, 1995; Chada and Hollenbeck, 2003, 2004), resulting in greater energy demands in neurite mitochondria compared to the cell body (Willingham et al., 2019). Indeed, the importance of mitochondrial-MT interactions in neural biology and pathology has been widely recognized (Saxton and Hollenbeck, 2012), and studies have demonstrated that altering mitochondria-MT interactions through deletion of the Miro1 adaptor protein in mice arrests mitochondrial motility and results in severe neurological disease (Nguyen et al., 2014). Mitochondria-MT interactions have also been shown to regulate cytosolic Ca2+ concentrations, and functional studies across multiple mammalian cell lines have found that mitochondrial movement along MTs is inhibited by increases in Ca2+ concentrations (Quintana et al., 2006, 2007; Wang and Schwarz, 2009), providing a mechanism to target mitochondria to cellular subregions with high cytosolic Ca2+ concentrations. Similarly, studies in T cells have demonstrated that mitochondria-MT interactions act to mobilize mitochondria to the plasma membrane at sites of high Ca2+ influx and support the function of critical ion channels by buffering excess Ca2+ within the microdomain of the immunological synapse (Quintana et al., 2006, 2007). Imaging studies in multiple different mammalian cells lines have also found that mitochondria-MT interactions also facilitate the localization of mitochondria to the plasma membrane prior to and throughout cell division (Hu et al., 2008; Lawrence and Mandato, 2013).

While mitochondria-MT interactions are often in close proximity with PM (Quintana et al., 2006, 2007; Hu et al., 2008; Lawrence and Mandato, 2013), the physical mechanisms underlying mitochondria-PM interactions in mammalian cells remain largely unknown. Indeed, mitochondria-PM interactions have been observed in non-dividing mammalian cells, suggesting that mitochondria-PM interactions have important functional implications that extend beyond mitochondria inheritance in dividing cells. For example, in vivo imaging studies of mouse salivary glands demonstrated that a subpopulation of highly fused mitochondria localize to the basolateral plasma membrane, indicating that mitochondria-PM interactions may also support subcellular distribution and functional specialization of mitochondria in non-dividing mammalian cells as well (Porat-Shliom et al., 2019). Although further experiments found that over half of the mitochondria in salivary glands were less than 2 μM from the plasma membrane and exhibited high spatiotemporal stability (Porat-Shliom et al., 2019), a precise mechanism of mitochondria-PM contact has been not identified. Mitochondria-PM interactions have been extensively characterized in yeast, and studies have revealed a specialized anchoring mechanism at mitochondria-PM contact sites that enable the proportionate distribution of mitochondria in dividing yeast cells. During cell division in yeast, mitochondria become fused, and the elongated mitochondria localize to the periphery of the cell where they are tightly fastened to the PM in conjunction with the ER and form the mitochondria-ER-cortex anchor (MECA) complex (Lackner et al., 2013). As with other mitochondria-organelle interactions, the MECA is supported by specialized tethers, and live cell imaging studies have revealed that the tethering proteins Num1 and Mdm36 are critical to the formation of the MECA and the distribution of mitochondria during cell division (Klecker et al., 2013; Lackner et al., 2013). Nonetheless, MECA is not conserved in higher eukaryotes, and the specific tethering systems responsible for linking mitochondria to the PM in differentiated cell types has not yet been characterized in mammals, although a recent study evaluating mitochondria-PM interactions in mammalian stem cells reported a potential tethering role for MFN1 (Wu et al., 2019).



Mitochondria-Lysosome/Endosome Interactions

Lysosomes and endosomes interact with mitochondria to carry out cellular processes related to biosynthesis, intracellular trafficking, and degradation (Zhao et al., 2012; Daniele et al., 2014; Wong et al., 2018, 2019; Yamano et al., 2018; Cioni et al., 2019; Munoz-Braceras et al., 2019). Interactions between these organelles have been observed in many cells types from yeast to cardiomyocytes (Zhao et al., 2012; Daniele et al., 2014; Elbaz-Alon et al., 2014; Honscher et al., 2014; Wong et al., 2018, 2019; Yamano et al., 2018; Cioni et al., 2019; Munoz-Braceras et al., 2019), and studies have found that 15-30% of the lysosomes in mammalian cells are in contact with mitochondria (Valm et al., 2017; Wong et al., 2018). Lysosomes are primarily tethered to the mitochondria by the lysosomal membrane protein Rab7 (Zhang et al., 2005; Zhao et al., 2012; Wong et al., 2018; Yamano et al., 2018; Cioni et al., 2019; Munoz-Braceras et al., 2019; Wong et al., 2019). Depending on the nature of the interaction, mitochondria-lysosome interactions are supported by different proteins on the outer mitochondrial membrane such as MFN2 (Zhao et al., 2012; Daniele et al., 2014), the vacuolar protein sorting 13 (Vps13) (John Peter et al., 2017; Munoz-Braceras et al., 2019), or FIS1. Because lysosomal degradation pathways are critical to removing cellular debris, mitochondria-lysosome interactions have been largely studied in the context of autophagic pathways that remove damaged and/or malfunctional mitochondria (Youle and Narendra, 2011; Yamano et al., 2014, 2018; Pickrell and Youle, 2015; Das et al., 2016; Fermie et al., 2018). For example, Rab7-MFN2-mediated interactions between mitochondria and lysosomes facilitate the formation of autophagosome-lysosomes, and experiments in cultured cardiomyocytes have demonstrated increased Rab7-MFN2 interactivity during starvation-induced autophagy (Zhao et al., 2012). In addition, studies in mammalian cell lines have also shown that Vps13 colocalized to mitochondria-lysosome contact sites and that Rab7-Vps13 interactions modulate autophagy by facilitating the lysosomal degradation (Munoz-Braceras et al., 2015, 2019). As highlighted below, emerging evidence has demonstrated that mitochondria also form functional, non-autophagic interactions with lysosomes and endosomes in healthy cells (Han et al., 2017; Chen et al., 2018; Fermie et al., 2018; Wong et al., 2018, 2019).

Rab7 is a GTP-bound protein, and therefore, mitochondrial-lysosome interactivity can be modulated by GTPase activity at the mitochondria-lysosome contact site. The outer mitochondrial membrane protein Fis1 recruits the GTPase TBC1D15 to the organelle contact site which subsequently untethers the organelles via GTP hydrolysis (Zhang et al., 2005; Onoue et al., 2013; Chen et al., 2018; Wong et al., 2018; Yamano et al., 2018). Recent live cell imaging studies in HeLa cells have demonstrated that lysosomes interact with mitochondria via ∼80% of all mitochondrial fission events and that Fis1/TBC1D15-mediated Rab7 GTPase activity functions to modulate mitochondria-lysosome interactions during fission (Wong et al., 2018). Specifically, inhibition of TBC1D15-mediated Rab7 GTPase activity significantly reduces mitochondrial fission and results in elongated, overly fused mitochondrial networks (Wong et al., 2018). These experiments also found that both ER and lysosomes interact with mitochondria at sites of fission, indicating multi-organelle coordination of membrane fission. In addition, studies in other mammalian cell lines have reported reduced glucose metabolism in Rab7 knockdown and TBC1D15 knockout cells (Ding et al., 2017; Wu et al., 2019), but the metabolic function of TBC1D15-mediated Rab7 GTPase activity remains unclear and further investigation is warranted.

Mitochondria may also interact with endosomes and lysosomes to facilitate interorganelle ion transfer (Sheftel et al., 2007; Das et al., 2016; Hamdi et al., 2016) and localized protein synthesis (Cioni et al., 2019). Similar to lysosomes, endosomes dynamically interact with mitochondria in healthy cells, and functional studies in red blood cells suggest that mitochondria-endosome interactions may enable iron transfer from iron-rich endosomes to mitochondria (Sheftel et al., 2007; Das et al., 2016; Hamdi et al., 2016). Indeed, the direct transfer of iron from endosomes to mitochondria could function to support mitochondrial iron-sulfur cluster biosynthesis and energy metabolism (Braymer and Lill, 2017). However, the precise components of the mitochondria-endosome contact site are unclear and the mechanism by which mitochondria-endosome iron exchange occurs has not been established. Interorganelle ion exchange has also been postulated as a function of mitochondria-lysosome interactions. Like mitochondria, lysosomes can act as intracellular Ca2+ storage centers, and studies in cultured mammalian cell lines have demonstrated that activation of the lysosomal membrane channel TRPML1 causes release of lysosomal Ca2+ (Zhang et al., 2016). Interestingly, TRPML1-activation was found to be induced by increases in cytosolic ROS (Zhang et al., 2016), thereby providing a direct link between lysosomal Ca2+ release and mitochondria function (Brand, 2016). Furthermore, applications of high-resolution 3D electron microscopy have also identified mitochondria-SR-lysosome microdomains in cardiomyocytes (Aston et al., 2017), suggesting that mitochondria-lysosome interactions may facilitate Ca2+ buffering/signaling pathways in striated muscle. However, the function of mitochondria-SR-lysosome interactions in muscle cells remains unclear. In addition, interactions between mitochondria and late-endosomes/lysosomes can also support subcellular localization of protein synthesis. For example, Rab7a-mediated interactions between mitochondria and late-endosomes have been shown to coordinate the translation and placement of mitochondrial membrane proteins at specific subcellular locations (Cioni et al., 2019). These experiments, performed in retinal ganglion cells, demonstrated that nuclear encoded mRNA is transported down axons on late-endosomes that localize to mitochondria where protein synthesis ultimately occurs (Cioni et al., 2019). Taken together, the current data indicate that mitochondria interact with lysosomes and endosomes to support a multitude of processes in healthy cells that extend far beyond the lysosomal degradation pathways associated with autophagy.



Mitochondria-Mitochondria Contact Sites

Mitochondria can also form specific contacts with other adjacent mitochondria via intermitochondrial junctions (IMJs) that are featured by high electron density in electron microscopy images (Bakeeva et al., 1983; Davidowitz et al., 1984; Duvert et al., 1985; Picard et al., 2015; Glancy et al., 2017), though specific IMJ tethering proteins have not yet been elucidated. At IMJs, mitochondrial cristae orientation is often well aligned with the cristae of neighboring mitochondria, and it has been suggested that this trans-mitochondrial cristae coordination may allow for more efficient content transfer and communication (Picard et al., 2015). Formation of IMJs appears to be related to cellular energy demand as tissues facing high energy demands, such as heart and skeletal muscle, have more IMJs than other less demanding tissues (Picard et al., 2015). Additionally, it was shown that mitochondria coupled with IMJs are more elongated and larger compared to non-connected mitochondria in mouse heart cells where IMJs often link many mitochondria together along the longitudinal axis of the cardiomyocyte (Glancy et al., 2017). It was also noted that IMJs may play an important role for both cellular energy distribution and protection from spreading dysfunction throughout the mitochondrial network (Glancy et al., 2017). Moreover, outer mitochondrial membrane protein mitoNEET was recently shown to be critical for IMJ formation as well as mitochondrial respiratory function (Vernay et al., 2017). Nevertheless, more studies are warranted to better understand underlying mechanisms and functional implications of IMJ formation.



Topology of the Mitochondria-Organelle Interactome

The diversity of functions exhibited across the various mitochondria-organelle contact sites demonstrates the complex role of subcellular architecture in cell-type specialization. Although the importance of structure-function relationships within the mitochondrial-organelle interactome is just beginning to be uncovered, it is clear that mitochondria-organelle interactions are a key determinant of cell function. Because of the finite surface area of mitochondrial outer membrane within the given cell, establishing contact sites physically reduces the potential for interactions with other organelles as well as with the cytosol, which may limit other functionalities. Thus, the topology of the mitochondria-organelle interactome must be optimized to accommodate the specific functions of a cell. This trade-off is well represented in the interactivity of mitochondria in striated muscles where interactions with lipid droplets and SR are evidently tuned to meet the Ca2+ cycling capacities of various muscle types (Bleck et al., 2018). However, the preponderance of evidence related to mitochondria-organelle interactions is derived from yeast and basic cell biology models that are limited in their ability to provide information related to physiological cell-type specialization of the mitochondrial interactome. Undoubtedly, studies evaluating cellular responses to metabolic and autophagic stressors have demonstrated the robust plasticity of the mitochondria-organelle interactome and revealed potential mechanisms by which cells might alter mitochondria-organelle interactions to achieve tissue-specific functionalities, but the extent to which mitochondrial interactivity is customized according to cell type remains unknown. Future studies evaluating the physiological regulation of the mitochondria-organelle interactome may provide new insights into cell-type specialization of mitochondrial function and novel mechanism of pathological mitochondrial dysfunction.




MULTISCALE COORDINATION OF MITOCHONDRIAL STRUCTURE AND FUNCTION

As discussed above, physiological modulation of mitochondrial structure in support of the functional specificity of a cell can occur at several different spatial scales. While there have been many studies and subsequent reviews focusing on mitochondrial structure at each individual level, there have been relatively fewer which investigate how mitochondrial structure may be coordinated across scales within a cell (Lewis et al., 2016; Yang and Svitkina, 2019; Qin et al., 2020) and even less looking at how this coordination is modulated within physiological systems (Sood et al., 2014; Bleck et al., 2018; Ježek and Dlasková, 2019). In healthy pancreatic β-cells, dynamic networks are formed of many elongated, tubular mitochondria containing relatively flat, lamellar cristae and nucleoids distributed along their length (Ježek and Dlasková, 2019). However, in diabetic β-cell models, mitochondria become fragmented, form spherical shapes, and disconnect from the network (Dlasková et al., 2010). In addition, there is a loss of cristae and nucleoids begin to form clusters (Anello et al., 2005; Ježek and Dlasková, 2019). Moreover, diabetic β-cells from human donors were found to have fewer interactions between mitochondria (VDAC1) and ER (IP3R2) (Thivolet et al., 2017). Each of the above mitochondrial structure modifications in the diabetic β-cell suggests a loss in intracellular communication and signaling capacity (Figures 1-3) and highlights the consistency of the functional impact of the multi-scale mitochondrial structural response under these pathological conditions.

Multi-scale coordination of mitochondrial structure-function relationships can also occur on an acute timescale. Using a postprandial model in mice, mitochondrial morphology across spatial scales was compared in hepatocytes 2 and 5 h after feeding in order to relate energetic and biosynthetic function under conditions of varying anabolic/catabolic states in the liver (Sood et al., 2014). As mTORC1 activity fell during the later postprandial stage, there were a greater number of mitochondria which were smaller in size and more compact in shape though overall mitochondrial volume did not appear to change consistent with a fragmentation of the mitochondrial network rather than an acute change in the rate of mitochondrial biogenesis or mitophagy. Also similar to the β-cell diabetic response above, there was a loss of cristae density and cristae number in the later postprandial state with a concomitant loss in energy conversion capacity. However, unlike the diabetic β-cell, hepatocytes in the late postprandial state increased interactions between mitochondria and ER by more than doubling the length of mitochondria-ER contact sites along the perimeter of the mitochondrion. While this increase in interactions between mitochondria and ER was dependent on MFN2, the lack of information on the other tethering proteins involved makes it difficult to interpret the specific functional implications of the increased contact sites (Figure 4). It is tempting, however, to speculate that the increased mitochondria-ER contact sites may have facilitated the demonstrated fragmentation of the mitochondrial network (Sood et al., 2014). Either way, it appears that physiological remodeling of mitochondrial structures can be coordinated across several spatial scales to support functional specificity within the cell as either an acute or chronic adaptation.



CONCLUSION

Mitochondria are remarkable organelles capable of remodeling their structural organization, sometimes in a nearly continuous fashion, in order to optimize mitochondrial function in support of cellular demands. As discussed above, the structural configuration of mitochondria can be regulated at several different levels to specifically tune mitochondria to the needs of the cell in which they reside. In a physiological setting, altering mitochondrial structure is associated with various functional trade-offs at each spatial scale. Indeed, the morphology within the interior of mitochondria, particularly the relative proportion and shape of mitochondrial cristae, determines the space available for enzymes involved in different functional pathways. While the overall volume of an individual mitochondrion is reflective of its internal functional capacity, the shape of a mitochondrion plays a large role in its ability to interact with the surrounding cellular environment. Moreover, cells can form mitochondrial networks with varying sizes, shapes, and dynamics each of which contribute to the overall functional capacity of mitochondria within the cell. Additionally, interactions between mitochondria and other organelles are modulated by distinct tethering proteins which regulate the specific functional coupling that occurs at these organelle contact sites. Finally, emerging evidence suggests that mitochondrial functional specificity of cells within tissues occurs through coordinated, multi-scale regulation of mitochondrial structure.
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Tumor cells without mitochondrial (mt) DNA (ρ0 cells) are auxotrophic for uridine, and their growth is supported by pyruvate. While ATP synthesis in ρ0 cells relies on glycolysis, they fail to form tumors unless they acquire mitochondria from stromal cells. Mitochondrial acquisition restores respiration that is essential for de novo pyrimidine biosynthesis and for mitochondrial ATP production. The physiological processes that underpin intercellular mitochondrial transfer to tumor cells lacking mtDNA and the metabolic remodeling and restored tumorigenic properties of cells that acquire mitochondria are not well understood. Here, we investigated the changes in mitochondrial and nuclear gene expression that accompany mtDNA deletion and acquisition in metastatic murine 4T1 breast cancer cells. Loss of mitochondrial gene expression in 4T1ρ0 cells was restored in cells recovered from subcutaneous tumors that grew from 4T1ρ0 cells following acquisition of mtDNA from host cells. In contrast, the expression of most nuclear genes that encode respiratory complex subunits and mitochondrial ribosomal subunits was not greatly affected by loss of mtDNA, indicating ineffective mitochondria-to-nucleus communication systems for these nuclear genes. Further, analysis of nuclear genes whose expression was compromised in 4T1ρ0 cells showed that immune- and stress-related genes were the most highly differentially expressed, representing over 70% of those with greater than 16-fold higher expression in 4T1 compared with 4T1ρ0 cells. The monocyte recruiting chemokine, Ccl2, and Psmb8, a subunit of the immunoproteasome that generates MHCI-binding peptides, were the most highly differentially expressed. Early monocyte/macrophage recruitment into the tumor mass was compromised in 4T1ρ0 cells but recovered before mtDNA could be detected. Taken together, our results show that mitochondrial acquisition by tumor cells without mtDNA results in bioenergetic remodeling and re-expression of genes involved in immune function and stress adaptation.

Keywords: mitochondrial DNA, gene expression, breast cancer, 4T1 model, tumor macrophages


INTRODUCTION

Intercellular mitochondrial transfer is a recently discovered phenomenon that has been shown to occur both in vitro (Spees et al., 2006; Berridge et al., 2016) and in vivo (Islam et al., 2012; Ahmad et al., 2014; Tan et al., 2015; Hayakawa et al., 2016; Osswald et al., 2016; Dong et al., 2017; Marlein et al., 2017, 2019). Respiration-deficient tumor cell lines without mitochondrial (mt) DNA (ρ0 cells), obtained by long-term exposure to low-dose ethidium bromide (King and Attardi, 1989), were shown to acquire mtDNA through intercellular mitochondrial transfer following co-culture with respiration-competent donor cells (Spees et al., 2006). Mitochondrial acquisition from stromal cells by metastatic breast cancer (4T1) and melanoma (B16) ρ0 cells injected into syngeneic mice was also observed with complete restoration of respiration and tumorigenicity (Tan et al., 2015; Dong et al., 2017).

Cells without mtDNA lack key subunits of mitochondrial respiratory chain complexes I, III, and IV, as well as two structural subunits of complex V that facilitate ATP synthase activity. They have no mitochondrial electron transport, cannot generate ATP through oxidative phosphorylation (OXPHOS), and rely exclusively on glycolysis for ATP production. Nevertheless, they maintain the mitochondrial membrane potential required for protein import into the mitochondria via the adenine nucleotide carrier and ATPase activity of sub-complex V (Appleby et al., 1999). Cells lacking mtDNA are auxotrophic for uridine, and most require additional pyruvate in vitro, a substrate for lactate dehydrogenase that re-oxidizes NADH produced during glycolysis and in the TCA cycle (Larm et al., 1994). In respiration-competent cells, most NADH is oxidized during mitochondrial respiration (see Herst et al., 2018b). However, uridine is essential because de novo pyrimidine biosynthesis is compromised in non-respiring ρ0 cells. These cells are unable to re-oxidize ubiquinol to ubiquinone, an essential electron acceptor not only for respiratory complexes I and II but also for dihydroorotate dehydrogenase (DHODH). Located at the outer surface of the inner mitochondrial membrane, DHODH catalyzes the fourth step in the de novo pyrimidine biosynthetic pathway (Evans and Guy, 2004). The importance of DHODH activity for tumor formation was shown by the inability of 4T1 breast carcinoma and B16 melanoma cells lacking the Dhodh gene to form tumors, with restoration of tumor formation after re-expression of the gene (Bajzikova et al., 2019).

When ρ0 tumor cells are injected into mice, they are immediately deprived of uridine. In order to form tumors, these cells acquire mitochondria from donor cells in the host to restore respiration and DHODH activity, allowing them to synthesize nucleic acids and divide. Although cells capable of donating intact mitochondria have been identified in vitro (Berridge et al., 2015; Herst et al., 2018a; Berridge et al., 2020), the physiologically relevant donor cells in different tissues are not known, and the signaling mechanisms that mediate intercellular mitochondrial transfer remain unclear. To better understand the cellular and molecular processes involved in mitochondrial transfer between cells, we investigated transcriptional differences between 4T1 and 4T1ρ0 cells and cells derived from subcutaneous tumors that grew from 4T1ρ0 cells (4T1ρ0 SC) using unbiased MinION long-read cDNA sequencing.

Differential gene expression between human tumor cell lines with and without mtDNA has been investigated previously by serial analysis of gene expression (SAGE) and quantitative real-time PCR using human 143B osteosarcoma cells (Duborjal et al., 2002). A set of nine nuclear genes encoding mitochondrial OXPHOS complex subunits was shown to be unchanged in 143Bρ0 cells. In addition, microarray approaches with MBA-MB-435 breast carcinoma cells (Delsite et al., 2002), A459 lung adenocarcinoma cells (Magda et al., 2008), and 143B and A459 cells (Mineri et al., 2009) reported both up- and down-regulation of the expression of nuclear genes between cells with and without mtDNA. Changes involved a variety of cell properties including cell cycle regulation and growth, cell signaling, respiration, and energy metabolism.

We have recently investigated the relative expression of selected nuclear genes in 4T1, 4T1ρ0, and derived cell lines following mitochondrial acquisition (Tan et al., 2015) and B16, B16ρ0, and derived cell lines with acquired mitochondria (Dong et al., 2017) by quantitative PCR (qPCR). While the lower expression of nuclear-encoded Sdha, b, and d and selected complex I, III, IV, and V genes of up to 70% relative to parental cells was observed in 4T1ρ0 cells and in 4T1ρ0 SC cells (Tan et al., 2015), similar effects were not observed in B16ρ0 cells or B16ρ0 SC cells (Dong et al., 2017), suggesting that these effects may be tumor specific. In another study, we investigated the gene expression in 4T1, 4T1ρ0, and derived cell lines isolated at different times following injection using an array of genes encoding proteins that are imported into the mitochondria (Bajzikova et al., 2019). Patterns of gene expression clustered around the level of respiration recovery.

Because the scope of these approaches was constrained and designed to address specific questions, we decided to investigate the gene expression in the syngeneic 4T1 breast cancer model using cell lines with and without mtDNA and following mitochondrial acquisition. The aim was to better understand the role of mtDNA in the physiological processes involved in intercellular mitochondrial transfer, respiration recovery, and subsequent metabolic remodeling. Here, we show that most nuclear genes encoding mitochondrial respiratory complex subunits and mitochondrial ribosomal proteins were not markedly affected by the absence of mtDNA. The most highly differentially expressed, not expressed or poorly expressed in 4T1ρ0 cells, were associated with immune responses and stress adaptation rather than metabolic remodeling.



MATERIALS AND METHODS


Cell Culture, Tumor Formation, and Establishment of Tumor-Derived Cells

Full details of cell culture, tumor formation, and establishment of tumor-derived cells can be found in previously published work (Tan et al., 2015). Briefly, 4T1 cells sourced from ATCC were grown in Nunc flasks in RPMI 1640 medium containing 10% fetal bovine serum (Gibco), 2 mM GlutaMAX, and 100 U/mL penicillin and 100 μg/ml streptomycin at 37°C in a 5% CO2 incubator. 4T1ρ0 cells were supplemented with 1 mM pyruvate and 50 μg/ml uridine. All consumables were purchased from Thermo Fisher Scientific (New Zealand) unless stated otherwise. For the preparation of 4T1ρ0 cells, parental tumor cell lines were cultured for 10–12 weeks in low-dose ethidium bromide (50–100 ng/ml) supplemented with 1 mM pyruvate and 50 μg/ml uridine, followed by transfer to medium lacking ethidium bromide. Loss of mtDNA was monitored by sensitivity to 2 μM FCCP, PCR analysis loss of mitochondrial Cytb gene, and by pyruvate/uridine auxotrophy.

4T1 and 4T1ρ0 cells (105) were injected subcutaneously into the right flank of female Balb/c mice. 4T1ρ0 sublines were derived from primary subcutaneous tumors (4T1ρ0 SC) and cultured in the presence of 60 μM 6-thioguanine (6-TG) for 7–10 days. The 6-TG-resistant tumor cells survived and grew in culture. Mitochondrial acquisition by 4T1ρ0 SC cells was established using transmission electron microscopy (TEM) and sequencing (Tan et al., 2015), confirming the presence of the host’s mitochondrial-specific single nucleotide polymorphism at position 16076 in the D-Loop and polyA region in location 9821.



MinION cDNA Sequencing and Mapping

RNA from 4T1 and 4T1ρ0 cells was extracted (Qiagen RNeasy Mini Kit) and quantified using the NanoDrop One Spectrophotometer (Thermo Fisher Scientific). RNA (50 ng) was used for library preparation for Oxford Nanopore Technologies (ONT) long-read cDNA sequencing. Samples were processed according to the most up-to-date ONT cDNA rapid barcoding protocol at the time of sequencing (SQK-PCS108, SQK-PCB109 with SQK-PBK004). Briefly, this process involved reverse transcription of extracted RNA using a custom poly TVN primer that binds to polyA RNA sequences, second-strand synthesis using a custom strand-switch primer, followed by PCR to incorporate barcode rapid attachment primers, to which rapid adapters were bound. For sequencing, libraries were prepared with up to six cDNA samples and on nine R9.4.1 ONT flow cells.



Data Analysis of MinION Reads

The program LAST was used to identify ONT barcodes present in sequenced reads, followed by a customized program (Eccles, 2019), designed to use barcode assignments to demultiplex reads into files based on their incorporated barcodes. Demultiplexed reads were then mapped to the ONT strand-switch primer sequence in order to identify the direction of transcription. Reads were mapped to the mouse transcriptome using LAST, grouped by mapped transcript, and counted producing a table that was further processed using DESeq2 (Love et al., 2014) to determine the differential expression (log2 fold change) between 4T1 and 4T1ρ0 cell lines and between 4T1 and 4T1ρ0 SC cells. Standard error of the mean (SEM) log2 fold change was estimated as the square root of the mean squared standard error of each calculated log2 fold change as reported by DESeq2. We used FDR-adjusted p values reported by DESeq2 (Benjamini and Hockberg, 1995) of 0.1 as a threshold for statistical significance. Genes were categorized as stress- or immune-related based on descriptions provided in GeneCards and validated using the protein–protein interaction network database, String.



qPCR

Primers specific for individual genes were designed using the NCBI–NIH primer designing tool Primer-BLAST. These were: Ccl2 (CAGGTCCCTGTCATGCTTCT and GAGTGGGG CGTTAACTGCAT), Psmb8 (ACTACAGTTTCTCCGCGCAA and TTGAAGGCGAGTGTGGTTGT), Sumo3 (GATGGCT CGGTGGTACAGTT and ACCGGAATCGAATCTGCCTC), Ccl5 (GTGCCCACGTCAAGGAGTATT and CTTGGCGGTT CCTTCGAGT), Gng11 (CGCAAAGAAGTCAAGTTGCAGA and CTGGGATTCCCTTTACCAGAGG), Serpinf1 (ACGATA CGGCTTGGACTCTG and TCAAGTTCTGGGTCACGGTC), Gstk1 (CGTGTATGGTCTCGAGATGAAGAT and CAGA AAGTGTTGGGCTTGCG), and Cst6 (GCGACAGCCTCTACT ACTTCC and GTCTTTCGGCACTCTGTGCT). Rplp0 (TAACC CTGAAGTGCTCGACAT and GTACCCGATCTGCAGACA CAC), and Ppia (ACGCCACTGTCGCTTTTC and CTGCA AACAGCTCGAAGGA) were used as housekeeping genes.

RNA was isolated from 4T1, 4T1ρ0, and 4T1ρ0 SC cells using Quick-RNA Miniprep (Zymo Research, New Zealand), and cDNA was obtained with SuperScript IV Reverse Transcriptase (Thermo Fisher Scientific, New Zealand). qPCR was then performed on an ABI7300 thermocycler (QuantStudio) using SYBR Green Master Mix (Applied Biosystems) with 5 ng/4 μl cDNA per reaction on fast cycling mode.



mtDNA Sequencing

4T1 and 4T1ρ0 cells at 106 per animal were injected subcutaneously into the flank of Balb/c female mice. The animals were sacrificed, and the pre-tumor regions were removed on Days 1, 2, and 3. The tissues were dissociated and passed through a 40 μM filter into a single-cell suspension and grown in medium containing uridine, pyruvate, and 60 μM 6-TG to obtain pure cultures of 4T1 and 4T1ρ0 SC cells. DNA was extracted using Qiagen Blood & Tissue Kit and quantified on NanoDrop One Spectrophotometer. For mtDNA sequencing, the forward primer (5′ TCA GTA CTT CTA GCA TCA GGT GT 3′) and reverse primer (5′ GCT AGG CAG AAT AGG AGT GAT G 3′) were used to amplify a 2,149 bp fragment located specifically in the mitochondrial genome. PCR products were analyzed by gel electrophoresis on a 2% agarose gel and sequenced using the Sanger method.



Confocal Microscopy

Tumor tissue was snap frozen; 10 μM sections were fixed in acetone, permeabilized, and non-specific staining blocked. For Day 1 tissue, macrophages were visualized by co-staining with Alexa Fluor 647 anti-mouse F4/80 (BioLegend), CellTrace Violet, and anti-mouse fibroblast activation protein-α (FAP) (Thermo Fisher Scientific). Images were captured via confocal microscopy (Olympus FV12000). For calculation of macrophage infiltration, cells were stained with α-F4/80 (macrophage/red) and CellTrace Violet (tumor cells/blue). FIJI software was used to calculate the % of red pixels (macrophages)/% of blue pixels (tumor cells). At least 50 images were taken for each tumor, and 4–5 tumors were analyzed for each time point. The % of red pixels/% of blue pixels of each photograph per time point is shown in box plots. The boxes represent the interquartile range (25–75%) with a line at the median and whiskers representing the minimum and maximum values.



RESULTS

To investigate the transcriptional changes that occur in cells without mtDNA and following mitochondrial acquisition, we used unbiased MinION long-read cDNA sequencing of transcripts from 4T1 cells, 4T1ρ0 cells, and a cell line derived on Day 28 from a subcutaneous tumor that grew from 4T1ρ0 cells (4T1ρ0 SC) (Tan et al., 2015). As shown diagrammatically in Figure 1a, the mitochondrial morphology of 4T1ρ0 cells was distended with low density internal staining and extensive loss of cristae compared with parental 4T1 cells (see Tan et al., 2015). 4T1ρ0 SC cells showed partial recovery of parental mitochondrial internal structures.
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FIGURE 1. 4T1 cell lines used to investigate differential gene expression following mtDNA deletion and acquisition. (a) Diagrammatic representation of 4T1 cell lines used. 4T1 cells were exposed to ethidium bromide for approximately 12 weeks to deplete cells of mtDNA (4T1ρ0 cells). Mitochondrial morphology (see Tan et al., 2015) appears swollen in 4T1ρ0 cells with few internal membrane structures. 1 × 105 4T1ρ0 cells were injected subcutaneously (SC) into female Balb/c mice, and tumors were excised at Day 28. Cells resistant to 6-thioguanine in culture were isolated to derive a 4T1ρ0 SC cell line. 4T1ρ0 SC cell line showed mitochondrial morphology similar to the parental cell line following mitochondrial acquisition from the host. (b) The left image gives a radial depiction of transcripts of mitochondrially encoded genes (n = 4) using MinION cDNA long-read sequencing with forward transcription (orange) and reverse transcription (green). The middle image shows the absence of mitochondrial gene expression in 4T1ρ0 cells (n = 3). The right image shows the complete restoration of the mitochondrial gene expression in 4T1ρ0 SC cells (n = 5).



Effects of mtDNA Deletion and Acquisition on Mitochondrial Gene Expression

The effects of mtDNA deletion and acquisition on forward (heavy chain, orange) and reverse (light chain, green) transcription of the circular mitochondrial genome of 4T1, 4T1ρ0, and 4T1ρ0 SC cells are shown in Figure 1b. We observed a small amount of multiplex spillover in nanopore cDNA sequencing runs (about 0.1%), as evidenced by the presence of a very small number of mitochondrial reads associated with 4T1ρ0 barcodes when sequenced together with 4T1 containing mtDNA (Supplementary Figure 1). No mitochondrial transcripts were found when 4T1ρ0 cell lines were multiplexed and sequenced together without other cell lines (Figure 1b).

Complete loss of mitochondrial transcripts in 4T1ρ0 cells was restored in 4T1ρ0 SC cells with the pattern of gene expression being almost identical to that with 4T1 cells. The results also show that the expression of individual mitochondrial genes in 4T1 and 4T1ρ0 SC cells varies by more than two orders of magnitude, consistent with steady-state transcriptional control previously demonstrated for the human mitochondrial genome (Duborjal et al., 2002).



Effects of mtDNA Deletion and Acquisition on the Expression of Nuclear Genes Encoding Mitochondrial OXPHOS Subunits and Mitochondrial Ribosomal Subunits

We next looked at how the expression of nuclear genes encoding subunits of mitochondrial respiratory complexes, CI–CIV, and ATP synthase, CV, was affected by mtDNA deletion in 4T1ρ0 cells. Figure 2A (left panel of each set of comparisons) compares the expression of the 13 mitochondrial genes that encode subunits of CI (seven subunits), CIII (one subunit), CIV (three subunits), and CV (two subunits), with the 72 nuclear genes that encode subunits of these complexes. In this analysis, we included CII as an additional control, where all four subunits are nuclear-encoded. In sharp contrast to the loss of mitochondrial gene expression in 4T1ρ0 cells, the expression of the 76 nuclear genes encoding OXPHOS subunits was on average similar between 4T1 and 4T1ρ0 cells.
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FIGURE 2. Effects of mtDNA deletion and acquisition on the expression of nuclear and mitochondrial genes encoding mitochondrial OXPHOS complexes and mitochondrial ribosomal subunits. (A) MinION long-read cDNA sequencing was used to determine the log2 fold change in the differential gene expression of OXPHOS subunits complexes I–V, comparing 4T1ρ0 cells without mtDNA (n = 3) with 4T1 parental cells (n = 4) (left panel of each graph) and 4T1ρ0 SC cells with acquired mitochondria (n = 5) and 4T1 cells (right panel of each graph). Blue: mitochondrial-encoded genes for CI (seven subunits), CIII (one subunit), CIV (three subunits), and CV (two subunits). Black: 72 nuclear genes encoding subunits of complexes. (B) log2 fold change of the differential gene expression of nuclear-encoded mitochondrial ribosomal subunits (left panel of each comparative graph) and mitochondrially encoded rRNA (right panel of each comparative graph).


Nuclear and mitochondrial transcripts for CI–CV subunits were then compared between 4T1 and 4T1ρ0 SC cells following mitochondrial acquisition. Figure 2A (right panel of each set of comparisons) shows that 4T1ρ0 SC cells fully recovered mitochondrial gene expression for subunits of CI, CIII, CIV, and CV, whereas the expression of nuclear genes encoding subunits of these complexes remained similar between 4T1, 4T1ρ0, and 4T1ρ0 SC cells. A similar analysis comparing nuclear transcript levels of the 12S and 16S mitochondrial ribosomal RNA showed few marked changes in the expression of nuclear genes encoding mitochondrial ribosomal subunits between 4T1, 4T1ρ0 cells, and 4T1ρ0 SC cells that had acquired mitochondria (Figure 2B).



Effects of mtDNA Deletion and Acquisition on the Expression of Nuclear Genes Not Involved in Mitochondrial OXPHOS Complexes or Mitochondrial Ribosome Formation

To better understand the effects of mtDNA on nuclear gene expression, we compared the expression of nuclear genes not involved in OXPHOS complexes and mitochondrial ribosome formation between 4T1 and 4T1ρ0 cells. After adjusting for read variation between sequencing runs, differential gene expression was visualized in a modified Bland–Altman MA plot adjusting for high variance at low gene expression levels (Figure 3). First, we focused on genes whose expression was compromised in 4T1ρ0 cells.
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FIGURE 3. mtDNA deletion affects the expression of nuclear genes involved in immune- and stress-related functions. MA scatter plot showing log2 fold change and mean transcript expression of nuclear genes differentially expressed in 4T1 (n = 4) and 4T1ρ0 cells (n = 3). Nuclear genes encoding respiratory complex subunits and mitochondrial ribosomal subunits were excluded. Genes with an adjusted log2 fold change in p-value of ≤0.1 were expressed higher in 4T1 (top) and higher in 4T1ρ0 (bottom) in black, unless immune-related (green dots) or stress-related (red dots). Genes with a p-value of ≥0.1 are in gray.



Differentially Expressed Nuclear Genes With Little or No Expression in 4T1ρ0 Cells

The two most highly differentially expressed transcripts expressed in 4T1 cells but not 4T1ρ0 cells were the immune response-related genes, Ccl2 and Psmb8 (Figures 4A,B). In addition, another 8 immune-related genes were among the 21 most highly differentially expressed genes with little or no expression in 4T1ρ0 cells. Of these, Ccl5 and Psmb9 are closely functionally related to Ccl2 and Psmb8, respectively. Ccl2, Ccl5, and Cxcl10 are associated with inflammatory immune responses involving monocyte/macrophage recruitment, whereas Psmb8 and Psmb9 are involved in phenotype switching of macrophages to facilitate a type 2 tumor-promoting cytokine environment (Chen et al., 2016). The expression of a selection of these genes was validated by qPCR in 4T1, 4T1ρ0, and 4T1ρ0 SC cells (Figure 4C). Differential expression of these genes between 4T1 and 4T1ρ0 cells was confirmed. While the expression of Ccl2, Psmb8, and Ccl5 recovered fully in 4T1ρ0 SC cells, Gng11 that is involved in the transcriptional upregulation of the Ccl5 pathway in macrophage recruitment (Noerholm et al., 2011) recovered only partially.
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FIGURE 4. Expression of nuclear-encoded immune-related genes absent/low in cells deleted of mtDNA and restored/partially restored after cells acquire mitochondria. (A) Table of immune-related genes with log2 fold change >4, higher in 4T1 cells than in 4T1ρ0 cells, and 4T1 cells than in 4T1ρ0 SC cells that have acquired mitochondria. Standard error (SE) is based on average log2 fold change and p-value adjusted to account for false discovery rate. Genes not expressed in 4T1ρ0 (∗). Genes weakly expressed in 4T1ρ0 (∗∗). (B) Bar graph of (A) showing log2 fold change of immune-related genes higher in 4T1 cells than in 4T1ρ0 and 4T1ρ0 SC cells. (C) log2 fold change in the expression of immune-related genes Ccl2, Psmb8, Sumo3, Ccl5, and Gng11 from table (A) validated by qPCR in 4T1, 4T1ρ0, and 4T1ρ0 SC cells. p-Values were determined from Ct values prior to log transformation and normalization; ****p < 0.0001.


Another group of five highly differentially expressed genes in the top 21 whose expression was compromised in 4T1ρ0 cells was stress-related genes (Figures 5A,B). Of these, Serpinf1 and Gstk1 were the most highly differentially expressed. Differential expression of these two stress-related genes and Cst6 was confirmed by qPCR (Figure 5C). Recovery of the expression of stress-related genes in 4T1ρ0 SC cells was more variable than that of immune-related genes, and this variability was confirmed by qPCR with the genes tested.
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FIGURE 5. Expression of nuclear-encoded stress-related genes absent/low in cells without mtDNA and restored/partially restored after cells acquire mitochondria. (A) Table of stress-related genes with log2 fold change >4, higher in 4T1 cells than in 4T1ρ0 cells, and in 4T1 cells than in 4T1ρ0 SC cells that have acquired mitochondria. Standard error (SE) based on average log2 fold change. p-Value adjusted to account for false discovery rate. Genes not expressed in 4T1ρ0 (∗). Genes weakly expressed in 4T1ρ0 (∗∗). (B) Bar graph of (A) showing log2 fold change of stress-related genes in 4T1 cells compared with 4T1ρ0 and 4T1ρ0 SC cells. (C) log2 fold change in the expression of stress-related genes Serpinf1, Gstk1, and Cst6 from table (A) validated by qPCR in 4T1, 4T1ρ0, and 4T1ρ0 SC cells. p-Values were determined from Ct values prior to log2 transformation and normalization; ****p < 0.0001.


While immune- and stress response-related genes were the five most highly differentially expressed (4T1 > 4T1ρ0) and comprised 15 of the top 21 most differentially expressed genes in this group, six more genes showed at least 16-fold higher expression in 4T1 cells than in 4T1ρ0 cells. These genes had diverse functions and were not easily grouped, and none were identified as genes that might be involved in metabolic remodeling (Supplementary Table 1).

All but 4 of the 21 most highly differentially expressed genes whose expression was compromised in 4T1ρ0 cells (81%) had no reads indicating that the presence or absence of mtDNA in itself is a critical factor in the expression of this subset of nuclear genes. For those genes whose expression was fourfold higher in 4T1 cells than in 4T1ρ0 cells, 29 of 40 genes (73%) showed undetectable reads in 4T1ρ0 cells (Supplementary Table 1).



Differentially Expressed Nuclear Genes With Higher Expression in 4T1ρ0 Than in 4T1 Cells

In the group of genes with more than fourfold higher expression in 4T1ρ0 cells than in 4T1 cells, there were only two genes (Mal and Tnfaip2) that could be linked to immune responses and two genes (Prl2c2 and Prl2c3) involved in cellular responses to nutrient depletion. Surprisingly, genes involved in metabolic remodeling toward glycolysis were not part of this group (Supplementary Table 2).



Effects of mtDNA Deletion and Acquisition on Macrophage Recruitment Into Early 4T1ρ0 Tumors

Lack of Ccl2, Ccl5, and Cxcl10 expression in 4T1ρ0 cells posed the question of whether or not macrophage recruitment into 4T1ρ0 tumors early in their development was compromised, and if so, whether or not this affected tumor formation. Initial studies using fluorescence confocal microscopy of cryo-sliced sections stained with anti-F4/80 for macrophages and CellTrace Violet for tumor cells showed a distinct lack of macrophage infiltration into developing tumors 24 h after injection with 4T1ρ0 cells (Figure 6A). In contrast, macrophage recruitment into developing 4T1 tumors was clearly evident at this time point (Figure 6B).
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FIGURE 6. Macrophages are absent in the tumor bulk 24 h after subcutaneous injection with 4T1ρ0 cells. Representative confocal images of and 4T1ρ0 (A) and 4T1 (B) tumor tissues from Day 1 tumors stained with the macrophage antibody F4/80 (red) and CellTrace Violet (blue). n = 4–5.


We next investigated whether or not the lack of macrophage infiltration was sustained and if this affected tumor progression. In order to quantify macrophage infiltration, we collected tumors on different days after injection (n = 4–5 per time point), cryo-sliced stained sections through the middle of the tumors, and recorded at least 50 images per tumor using confocal microscopy. Co-staining with anti-F4/80 (macrophage marker) and anti-FAP-α indicated that the majority of macrophages inside the tumor mass were likely of the tumor-permissive M2 phenotype (Figures 7a,b). FIJI (ImageJ) was used to calculate the space taken up by macrophages (% of red pixels) relative to that taken up by tumor cells (% of blue pixels). Macrophage recruitment into the tumor mass was calculated as the ratio of % of red pixels over the % of blue pixels. Figure 7c shows that by Day 3, macrophage recruitment into 4T1ρ0 SC tumors had caught up to that in 4T1 tumors.
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FIGURE 7. Macrophage infiltration into early 4T1 and 4T1ρ0 subcutaneous tumors. Representative confocal image through a 4T1ρ0 SC tumor on Day 3 (a,b). Macrophages are red (α-F4/80), and tumor cells are blue (CellTrace Violet) (a). These same macrophages are orange in (b), demonstrating double staining with α-F4/80 (red) and α-FAP (yellow). Cancer-associated fibroblasts are yellow (α-FAP), and tumor cells are blue (celltrace violet). Photographs (n = 50 per tumor) were analyzed to determine the level of macrophage infiltration into the bulk of the tumor. Fiji (ImageJ) was used to determine the % of red pixles/% of blue pixles as a measure of macrophage infiltration. A total of 4–5 tumors were analyzed for each time point, with the % of red pixels/% of blue pixels of each photograph per time point shown in box plots. The boxes represent the interquartile range (25–75%) with a line at the median and whiskers representing the minimum and maximum values (c). ***p < 0.001; NS, non-significant (p = 0.466). Gel electrophoresis of a mitochondrial 2,149 bp fragment in 4T1, 4T1ρ0, and 4T1ρ0 SC cells taken from days: D2, D3, D4, D5, D7, and D14 (d).


In order to determine how soon after injection mitochondrial transfer had occurred in the tumors that grew from 4T1ρ0 cells, we amplified a 2,149 bp fragment located specifically in the mitochondrial genome using PCR and determined the presence of this fragment by gel electrophoresis (Figure 7d) in subcutaneous 4T1ρ0 tumors at different time points. Days 2 and 3 tumors did not contain detectable amounts of mtDNA, but the mtDNA fragment was present from Day 4 onward, reaching parental levels by Day 14.



DISCUSSION

The ability of tumor cell lines without mtDNA to acquire mitochondria from adjacent cells in the body following inoculation provides a unique opportunity to investigate the adaptive cellular processes involved in intercellular mitochondrial transfer. Mitochondrial transfer restores mitochondrial gene expression, respiration, and mitochondrial ATP production as well as the ability to form tumors (Tan et al., 2015; Dong et al., 2017). While previous investigations have shown relatively small changes in nuclear gene expression in human tumor cell lines with and without mtDNA (Delsite et al., 2002; Magda et al., 2008; Mineri et al., 2009), analytical approaches have been limited to genes of interest or gene sets in commercial microarrays. The focus of these approaches has been on altered metabolic and signaling pathways in human tumor cell lines in culture that are associated with glycolytic adaptation. The use of a tumor cell model that acquires mitochondria in vivo has added a layer of potential physiological inquiry not previously available. In addition, we used a relatively new sequencing technique, unbiased long-read MinION nanopore cDNA sequencing in a murine metastatic breast carcinoma model (Tan et al., 2015).

Loss of mitochondrial gene expression in 4T1ρ0 cells was shown to be restored in vivo across the mitochondrial transcriptome of both the heavy and light strands of the mitochondrial genome. Similar results were obtained with B16ρ0 metastatic melanoma cells and with a ρ0 cell line derived from immortalized neonatal mouse astrocytes (results not shown). Our results confirm and extend earlier results (Duborjal et al., 2002) by showing that the expression of most of the 76 nuclear-encoding subunits of mitochondrial OXPHOS complexes remains largely unchanged in 4T1ρ0 cells. This demonstrates that in the 4T1 model, mitochondrial–nuclear communication is largely ineffective in the absence of mitochondrial transcription. Similar results were obtained with nuclear genes encoding mitochondrial ribosomal proteins. Other authors have shown an increased expression of CoIV and CoVIaL transcripts in human osteosarcoma ρ0 cells by Northern blot analysis (Li et al., 1995; Duborjal et al., 2002), whereas Mineri et al. (2009), using microarray and RT-PCR analysis, have reported a small (22–37%) down-regulation of UQCRFS1 expression in 143B and A549 cells lacking mtDNA and a small (41–65%) up-regulation with the ATP5D complex V gene. However, differences in the expression of these nuclear genes were not statistically significant in our analysis of 4T1 and 4T1ρ0 cells. Similarly, the small (17–33%) down-regulation of MRPL20 gene expression observed in 143Bρ0 and A549ρ0 cells was not evident in our analysis of 4T1 cells with and without mtDNA. Another analysis of nuclear gene expression in human MDA-MB-435 breast carcinoma cells with and without mtDNA showed that ATP5A1 gene expression was upregulated by more than threefold in ρ0 cells (Delsite et al., 2002), but we were unable to detect changes in the expression of this gene between 4T1 and 4T1ρ0 cells.

Others have shown variable changes in nuclear-encoded protein subunits of respiratory complexes in human 143B osteosarcoma cells lacking mtDNA (Aretz et al., 2016; He et al., 2017), results that are in line with our limited analysis of nuclear-encoded respiratory complex subunits in the 4T1 model (Tan et al., 2015). The effects of mtDNA deletion on nuclear-encoded respiratory complex subunits were more variable than the changes we observed in steady-state nuclear gene expression of these subunits. Differences between steady-state nuclear gene expression and protein subunit levels of respiratory complexes in ρ0 cells compared with parental tumor cells could be explained by post-translational mechanisms.

Expression analysis of nuclear genes not encoding mitochondrial OXPHOS complexes or mitochondrial ribosomal protein subunits showed that 15 of the 22 most highly expressed genes with greater than 16-fold expression in 4T1 cells compared with 4T1ρ0 cells could be linked to immune and stress responses. Of these, Ccl2, encoding a monocyte/macrophage-recruiting chemokine, and Psmb8, encoding a subunit of the immunoproteasome that facilitates protein processing to generate MHCI-binding peptides, were the two most highly differentially expressed genes. Genes encoding Ccl5, another monocyte attracting chemokine, and Psmb9 that has similar function to Psmb8 were also differentially expressed as was the gene encoding the proinflammatory chemokine, Cxcl10, a C-X-C motif cytokine involved in the development of T cell effector function. Five other immune response genes, mostly involved in regulating inflammatory immune responses and antigen processing, were present in this group of highly differentially expressed genes, together representing 48% of the 21 most highly differentially expressed genes (4T1 > 4T1ρ0). The only gene in this group of immune response genes that has been previously identified as being differentially expressed between wild type and ρ0 tumor cells is PSMB8 (Magda et al., 2008), but in this case, it was more highly expressed in A549ρ0 cells than in A549 human lung adenocarcinoma cells.

Our results have confirmed that 4T1 cells express transcripts for the monocyte-recruiting chemokines Ccl2 (MCP-1) and Ccl5 (RANTES) as shown previously in 4T1 cells (Kurt et al., 2001; Vitiello et al., 2004; DuPré et al., 2007) and 4T1 cells isolated from 4T1 tumors (DuPré et al., 2007), with both chemokines present in conditioned media from 4T1 cells (Kurt et al., 2001; Vitiello et al., 2004; Cho et al., 2012; Kuan and Ziegler, 2018). Ccl2 in conditioned media from 4T1 cells was effective in amplifying macrophage-mediated innate inflammatory immune responses that included Ccl2 production in the presence and absence of the lipopolysaccharide (LPS) and migration (Cho et al., 2012; Madera et al., 2015), as well as phagocytosis (Madera et al., 2015).

Stress response-related genes were also well represented in the 21 most highly expressed genes in 4T1 cells compared with 4T1ρ0 cells, with five genes in this group. Of particular interest is Serpinf1 (pigment epithelial-derived factor, PEDF), a member of the large serum proteinase inhibitor family that lacks proteinase activity and is a potent inhibitor of angiogenesis and adipogenesis via PPAR-γ (Gattu et al., 2013). Serpinf1 promotes inflammation; impairs glucose uptake, ATP production, and mitochondrial function; and compromises fatty acid oxidation, while increasing the expression of genes involved in fatty acid oxidation via PPAR-γ (Carnagarin et al., 2015). Other genes in this group include those encoding the glutathione-S-transferases, Gstk1 and Gstm1, the cysteine proteinase inhibitor, Cst6, and the cysteine- and glycine-rich protein-2, Csrp2, that is down-regulated in response to cell injury.

Notably, 12 of 15 (80%) of the most highly differentially expressed immune and stress response-related genes expressed in 4T1 cells recorded zero reads in 4T1ρ0 cells. In this context, zero reads by MinION nanopore cDNA sequencing is a highly relevant result and a major point of difference between this 3rd generation sequencing platform as applied to gene expression analysis and other 2rd generation sequencing methodologies, all of which are insensitive to low expressing genes because of high background noise. Overall, 17 genes with log2FC > 4 (16-fold) showed no transcripts in 4T1ρ0 cells, whereas 29 of 40 genes with log2FC ≥ 2.0 were not expressed. These results were unexpected and show the potential of MinION nanopore cDNA sequencing to identify highly significant differential expression of nuclear genes that are not expressed in ρ0 cells and therefore require the presence of mtDNA for their expression.

We also showed that the expression of most of the immune and stress response genes whose expression was compromised in 4T1ρ0 cells partially or fully recovered expression in 4T1ρ0 SC cells that had acquired mitochondria, and this was confirmed by qRT-PCR analysis for a subset of these genes. A notable exception was Serpinf1 where little recovery of gene expression was observed, suggesting a more complex mechanism of regulatory control for this gene.

A role for mitochondrial respiration in regulating the expression of nuclear genes involved in tumor immune responses has not been described before. Depending on the activation status of immune cells, both anti-tumor (type 1) and tumor-supporting (type 2) responses have been documented. With respect to infiltration of immune cells into the early breast tumor microenvironment, macrophages are the main players, constituting up to 50% of the tumor mass in these tumors (Obeid et al., 2013). Macrophages readily switch between M1 anti-tumor and M2 tumor-supporting phenotypes (Obeid et al., 2013). With respect to tumor progression, tumor-associated macrophages (TAMs) have been associated with poor patient survival (Bingle et al., 2002). We show here that macrophage recruitment was extremely low in 4T1ρ0 tumors 1 day after injection, but that recruitment normalized to parental levels by Day 3, and that the recruited cells were likely of the M2 phenotype (F4/80pos and FAPpos, Figure 7b). Interestingly, mtDNA was present in Day 4 tumors and may have been present before that time point at levels below the detection limit of our methodology. Our in vitro work in co-cultures has shown that mitochondrial transfer occurs within 24 h of co-culture in a small percentage of cells (unpublished data). In addition to 4T1 cells, cancer-associated fibroblasts (CAFs) also release Ccl2 and Ccl5 to recruit monocytes/macrophages and re-polarize M1 macrophages to M2-like TAMs (Soria and Ben-Baruch, 2000; Owen et al., 2011; Biswas et al., 2014; Katanov et al., 2015; Madera et al., 2015; Córdova et al., 2017; Liubomirski et al., 2019). Thus, it is possible that increased macrophage recruitment by Day 3 may involve Ccl2 release by CAFs at a very early stage of tumor formation. We further found that a delay in macrophage recruitment did not affect tumor progression as the 4T1ρ0 SC tumors remained very small until Day 21 when they became palpable and when the increase in tumor mass was obvious (Bajzikova et al., 2019).

Our results have shown that mitochondrially encoded gene expression was restored to normal levels after mitochondrial acquisition. Interestingly, the expression of most nuclear genes that encode subunits of mitochondrial respiratory complexes and mitochondrial ribosomal proteins was not markedly affected by loss of mtDNA. For other nuclear genes whose expression was affected, the expression was partially or fully restored following mitochondrial acquisition. We were unable to identify nuclear genes that might be involved in recruitment of cells known to act as mitochondrial donors (Spees et al., 2006; Herst et al., 2018a). However, we did identify lack of expression of immune-related genes involved in monocyte/macrophage recruitment and lack of recruitment of these cells into the 4T1ρ0 cell mass on Day 1.

Although the mechanism(s) whereby the presence or absence of mtDNA affects the regulation of nuclear expression is unclear, our results lead us to conclude that mitochondrial acquisition by tumor cells without mtDNA results in bioenergetic remodeling and re-expression of genes involved in immune function and stress adaptation.
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A metabolic hallmark of many cancers is the increase in glucose consumption coupled to excessive lactate production. Mindful that L-lactate originates only from pyruvate, the question arises as to how can this be sustained in those tissues where pyruvate kinase activity is reduced due to dimerization of PKM2 isoform or inhibited by oxidative/nitrosative stress, posttranslational modifications or mutations, all widely reported findings in the very same cells. Hereby 17 pathways connecting glucose to lactate bypassing pyruvate kinase are reviewed, some of which transit through the mitochondrial matrix. An additional 69 converging pathways leading to pyruvate and lactate, but not commencing from glucose, are also examined. The minor production of pyruvate and lactate by glutaminolysis is scrutinized separately. The present review aims to highlight the ways through which L-lactate can still be produced from pyruvate using carbon atoms originating from glucose or other substrates in cells with kinetically impaired pyruvate kinase and underscore the importance of mitochondria in cancer metabolism irrespective of oxidative phosphorylation.
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GLUCOSE AND LACTATE IN CANCER: BACKGROUND

It is a well-known fact that most cancers exhibit increased rates in glucose consumption (Bose and Le, 2018). This is clinically exploited by following radionuclide-labeled glucose analogs for the purpose of tumor imaging in living human beings (Feng et al., 2019). The very same cancers are also known to be major lactate producers, which is important for their survival (de la Cruz-Lopez et al., 2019). The combination of an increased consumption of glucose with an increase in lactate output led to the assumption that cancers exhibit an increase in glycolysis; although this is true, serving the purpose of generating glycolytic metabolites which are diverted toward biosynthetic processes (DeBerardinis et al., 2008) and NADPH by the pentose phosphate pathway (Icard and Lincet, 2012), most tumors express a dimeric form of the M2 isoform of pyruvate kinase which has been reported to be much less active than that found in healthy cells; furthermore, numerous posttranslational modifications and mutations have been reported for this gene product, leading to a much reduced activity but still fueling cancer aggression (see section “Pyruvate Kinase”). Even more so, tumor cells with undetectable levels of pyruvate kinase still producing lactate can be found in vivo (Israelsen et al., 2013). On one hand, the decrease in pyruvate kinase activity is important for maintaining a metabolite “traffic jam,” forcing upstream metabolites toward biosynthetic pathways; on the other hand, it points to a metabolic conundrum because L-lactate may only originate from pyruvate, a metabolite arising from phosphoenolpyruvate (PEP) through pyruvate kinase in glycolysis (see Figure 1). The purpose of this review is to highlight the pathways that can lead to pyruvate and lactate—even commencing from glucose—bypassing pyruvate kinase. This is important because (i) carbon-labeled atoms in glucose may appear in lactate without net ATP production from glycolysis and (ii) hints on the possibility that other pathways leading to pyruvate/lactate could be crucial for cancer cell survival that are perhaps amenable to pharmacological and/or genetic manipulation. The list of pathways appearing below has been assembled by mining the following databases: Kyoto Encyclopedia of Genes and Genomes1 (Kanehisa and Goto, 2000), BRaunschweig ENzyme Database2 (Jeske et al., 2019), Metabolic Atlas3 (Robinson et al., 2020), Biochemical, Genetic, and Genomic knowledge base4 (King et al., 2016), MetaNetX5 (Moretti et al., 2016), Human Metabolome Database6 (Wishart et al., 2018), and Virtual Metabolic Human7 (Noronha et al., 2019).
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FIGURE 1. Biochemical pathways connecting glucose or other metabolites to pyruvate and L- or D-lactate. The box in magenta represents a mitochondrion. Glycolysis is highlighted in green. Metabolites found both inside and outside the mitochondria that are not connected with an arrow are highlighted in matching striped colors (to avoid arrow clutter). For abbreviations, see Table 1.




PYRUVATE KINASE

Pyruvate kinase generates ATP at the “substrate level” in the absence of oxygen by catalyzing the dephosphorylation of PEP to pyruvate (see Figure 1). There are four isoforms denoted as L, R, M1, and M2. For details regarding kinetic properties, tissue distribution, and regulation, the reader is referred to the review by Israelsen and Vander Heiden (2015). In the present review, the PKM2 isoform will be specifically examined; for a more thorough evaluation, the reader is referred to Li et al. (2014, 2018), Wong et al. (2015); Yang and Lu (2015), Dayton et al. (2016b), Hsu and Hung (2018), and Alquraishi et al. (2019). The non-enzymatic functions of PKM2 are examined elsewhere (Hoshino et al., 2007; Stetak et al., 2007; Luo et al., 2011; Yang et al., 2012; Yang and Lu, 2013).

Basically, PKM2 exhibits lower enzymatic activity compared to that by PKM1 (Yamada and Noguchi, 1999) and is allosterically regulated by fructose-1,6-bisphosphate (FBP); it exists either as a dimer with low affinity for PEP or as an FBP-bound tetramer with high affinity for PEP (Mazurek et al., 2005; Zhang et al., 2019). Although PKM2 has been branded as “the predominant isoform in cancer cells” (Altenberg and Greulich, 2004; Mazurek et al., 2005), further scrutiny in 25 human malignant cancers, six benign oncocytomas, tissue-matched controls, and several cell lines showed that “PKM2 dominance was not a result of a change in isoform expression, since PKM2 was also the predominant PKM isoform in matched control tissues.” Therefore, a switch from PKM1 to PKM2 isoform expression during malignant transformation may not be taking place, as previously postulated (Christofk et al., 2008). Mindful of the controversy surrounding the proposed functions of PKM2 (Hosios et al., 2015; Harris and Fenton, 2019), the group of Vander Heiden characterized the effects of cancer−associated PKM2 mutations on enzyme kinetics and allosteric regulation and reported that a decrease in PKM2 activity supports the rapid proliferation of cells (Liu V. M. et al., 2020). This is in line with earlier reports showing that a decrease in PKM2 activity due to posttranslational modifications (Lv et al., 2011) or inhibition by oxidative stress (Anastasiou et al., 2011) promotes tumor growth (Prakasam et al., 2018). Alternatively, exposure to small molecule PKM2 activators or expression of the constitutively active PKM1 thwarts cancer cell proliferation (Anastasiou et al., 2012). Finally, it has been also shown that PKM2 is not even required for the growth of many cancers (Cortes-Cros et al., 2013; Israelsen et al., 2013; Wang et al., 2014; Lunt et al., 2015; Dayton et al., 2016a, 2018; Lau et al., 2017; Tech et al., 2017; Hillis et al., 2018). In aggregate, the consensus seems to be that the lower the pyruvate kinase activity, the greater the stimulation of tumor growth. As discussed in the section below entitled “Evidence Showing That Pyruvate Kinase Inhibition Does Not Lead to a Proportional Decrease in Pyruvate/Lactate Formation,” even those cells exhibiting low—or even undetectable—pyruvate kinase activity still produce lactate, which begs the question: where does this lactate come from?



EVIDENCE SHOWING THAT PYRUVATE KINASE INHIBITION DOES NOT LEAD TO A PROPORTIONAL DECREASE IN PYRUVATE/LACTATE FORMATION

In Cortes-Cros et al. (2013), it was shown that knockdown of both PKM1 and PKM2 (PKM2 knockdown was on the order of > 95%) leading to an approximately fivefold decrease in overall pyruvate kinase activity yielded only a ∼50% decrease in the appearance of 13C originating from glucose to lactate.

In Chaneton et al. (2012), silencing of both PKM1 and PKM2 to an extent greater than 90% led to only a ∼30% decrease in pyruvate and lactate production, while PEP concentration increased by 100%.

In Vander Heiden et al. (2010), it was shown that cancer cell lysates expressing no pyruvate kinase activity produced 50% of pyruvate from PEP compared with the total cell lysates. Although in this work it was postulated that phosphate from PEP is transferred to the catalytic histidine on human PGAM1, this claim was subsequently rejected by the same authors, attributing their earlier findings to contaminating ATP−dependent protein kinases (Hosios et al., 2015).

In all of the abovementioned studies, it was assumed that, in view of severely diminished pyruvate kinase activity, pyruvate and lactate production is attributed to carbon sources other than glucose. Indeed Yu et al. (2019), determined that, in pancreatic ductal adenocarcinoma cells with PKM1 and PKM2 knockdown, cysteine catabolism generated ∼20% of intracellular pyruvate. The purpose of the present review is to not only outline these pathways but also show additional ways for obtaining 13C labeling in pyruvate or lactate originating from glucose; furthermore, since some of these pathways involve intermediates that transit through the matrix, the role of the mitochondria is emphasized, which is unrelated to the concept of oxidative phosphorylation.



PATHWAYS LEADING TO PYRUVATE COMMENCING FROM GLUCOSE: INTERMEDIATES NOT TRANSITING THROUGH THE MITOCHONDRIA

The pathways shown in this section refer to Figure 2 (lavender arrows). Multiple arrows imply multiple biochemical steps.
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FIGURE 2. Pathways leading to pyruvate commencing from glucose, highlighted in lavender: intermediates not transiting through the mitochondria. For abbreviations, see Table 1.


(1) Glc + PEP → Glc-6-P + pyruvate: This reaction is catalyzed by glucose-6-phosphatase (G6PC) (Nordlie, 1974; Colilla et al., 1975) (for abbreviations, see Table 1). In humans, G6PC expression was reported to be elevated in GBM when compared with normal brain (Abbadi et al., 2014), while in rodent hepatomas it was found to be decreased (Weber and Cantero, 1955).


TABLE 1. Abbreviations.

[image: Table 1](2) Glc →→→ methylglyoxal →→→ pyruvate: This may occur through four different routes involving aldehyde dehydrogenase 9, zinc binding alcohol dehydrogenase domain containing two [more recently renamed to prostaglandin reductase 3 (Yu et al., 2013)] and at least two oxoaldehyde dehydrogenases; for details, see Vander Jagt and Hunsaker (2003). Methylglyoxal has been reported to trigger metastasis in breast, anaplastic thyroid, and colorectal cancer (Chiavarina et al., 2017; Antognelli et al., 2019; Nokin et al., 2019).

(3) Glc →→→ PEP → pyruvate: the terminal reaction is catalyzed by tartrate-resistant acid phosphatases (TRAP), the molecular identity of which remained unknown well after their biochemical characterization (Helwig et al., 1978; Chen and Chen, 1988; Hayman et al., 1989); they are most likely substantiated by a metalloprotein enzyme with the ability to catalyze the hydrolysis of orthophosphate monoesters under acidic conditions (Bull et al., 2002). The expression of this enzyme (TRAP) is a marker of bone disease in cancer patients (Nguyen et al., 1991; Koizumi and Ogata, 2002; Mose et al., 2003; Terpos et al., 2003; Chao et al., 2005).

(4) Glc →→→ PEP; PEP + GalNAc → GalNAc-1P + pyruvate: Terminal reaction catalyzed by N-acetylgalactosamine kinase isoforms 1 or 2 (Pastuszak et al., 1996). These enzymes are implicated in many signaling pathways inherent to carcinogenesis (Zeidan and Hart, 2010).

(5) Glc →→→ 3-PG → 2-PG (by phosphoglucomutase 1 or 2) → glycerate [probably through 2-phosphoglyceric acid phosphatase (Baranowski et al., 1968)] → 3-OH-pyr [by glyoxylate reductase (Mdluli et al., 2005)]; 3-OH-pyr + Ala (or glyoxylate) → Gly + pyruvate (or Ser): the terminal reaction is catalyzed by alanine-glyoxylate aminotransferase (Danpure et al., 2003). The mitochondrial isoform of the latter enzyme (alanine-glyoxylate aminotransferase isoform 2, AGXT2) has been reported to form glycine and pyruvate from alanine and glyoxylate; this reaction has been confirmed in normal tissues (Holmes and Assimos, 1998) and HepG2 cancer cells (Baker et al., 2004). The same reaction has been reported to take place in peroxisomes (Poore et al., 1997). On the other hand, loss of alanine-glyoxylate aminotransferase (AGXT) expression has been reported to accelerate the progression of hepatocellular carcinoma (Sun et al., 2019). A “futile cycle” may exist between 3-PG and glycerate through 2-phosphoglyceric acid phosphatase and glycerate kinase 1 and 2; glycerate kinase 2 is also found in the mitochondria (Guo et al., 2006).

(6) Glc →→→ 3-PG → phosphohydroxypyruvate (Php), catalyzed by phosphoglycerate dehydrogenase; Php + Ala → phosphoserine (Pser) + pyruvate, catalyzed by phosphoserine aminotransferase (PSAT) (Hirsch and Greenberg, 1967): PSAT overexpression is associated with increased tumorigenicity in human esophageal squamous cell carcinoma (Liu et al., 2016) and colon carcinomas (Yoon et al., 2015) and a poor outcome on tamoxifen therapy in recurrent breast cancer (De Marchi et al., 2017); conversely, its selective loss suppresses migration, invasion, and experimental metastasis in triple negative breast cancer (Metcalf et al., 2020).

(7) Glc →→→ 3-PG →Php (catalyzed by phosphoglycerate dehydrogenase); Php + Ala (or Glu) → Pser + pyruvate (or →Kg); the latter reaction is catalyzed by phosphoserine aminotransferase; Pser → Ser → pyruvate, catalyzed by serine dehydratase (Ogawa et al., 2006) or serine dehydratase-like (SDSL) (Ogawa et al., 2006). Notably, SDS was reported to be absent from human colon carcinomas (Snell et al., 1988).

(8) Glc →→→ Glyoxal →→→ glyoxylate (Lange et al., 2012); glyoxylate + 3-OH-pyr (or Ala) → Gly + pyruvate (or Ser): the terminal reaction is catalyzed by AGXT (for considerations related to cancer, see pathway no. 5).

(9) Glc →→→ 3-PG →Php (catalyzed by phosphoglycerate dehydrogenase); Php + Glu → Pser + →Kg; latter reaction catalyzed by phosphoserine aminotransferase; →Kg + Ala → Glu + pyruvate, catalyzed by alanine aminotransferase (GPT; for considerations related to cancer, see pathway no. 6).



PATHWAYS LEADING TO PYRUVATE COMMENCING FROM GLUCOSE: INTERMEDIATES TRANSITING THROUGH THE MITOCHONDRIA

These pathways depend on one or more of three critical parameters: (1) glyoxylate entry into the mitochondria, (2) reversibility of the matrix phosphoenolpyruvate carboxykinase (PCK2), and (3) reversibility of the mitochondrial pyruvate carrier (MPC). Regarding glyoxylate, I was unable to find information on its transport across the inner mitochondrial membrane; however, it is known that it can be processed by the matrix-localized AGXT2 (Kakimoto et al., 1969). PCK2 expression and activity level are critical for many cancer types: in tumor-initiating enriched prostate cancer cell clones, PCK2 was overexpressed, and this correlated with more aggressive tumors and lower survival rates (Zhao et al., 2017); in lung cancer cell lines and in non-small cell lung cancer samples, PCK2 expression and activity were enhanced under low-glucose conditions (Leithner et al., 2015); finally, it was reported that PCK2 is required for glucose-independent cancer cell proliferation and tumor growth in vivo (Vincent et al., 2015). Regarding PCK2 reversibility, the enzyme has been shown to operate in the reaction toward OAA synthesis in mitochondria from rabbit liver (Carlsen et al., 1988), pigeon and rat liver (Wiese et al., 1996), guinea pig liver (Garber and Ballard, 1970; Garber and Salganicoff, 1973), rabbit enterocytes (Wuensch and Ray, 1997), chicken liver (Hebda and Nowak, 1982; Makinen and Nowak, 1983; Wilson et al., 1983; Erecinska and Wilson, 1984), and bullfrog liver (Goto et al., 1980). However, in Vincent et al. (2015), it was shown that a fraction of pyruvate originated from glutamine from PEP through PCK2. With respect to the reversibility of the MPC, this is a working hypothesis because there are no data showing pyruvate release from normally polarized mitochondria. Nevertheless, this is not a far-fetched hypothesis: succinate and other metabolites are effluxed from the mitochondria for non-metabolic roles against a hyperpolarized membrane potential (Mills et al., 2016), demonstrating that this is possible under appropriate conditions. It may be also relevant that pyruvate catabolism through the pyruvate dehydrogenase complex is associated with suppression of tumor growth in vitro and in vivo (Michelakis et al., 2008); relevant to this, genes coding for both the pyruvate dehydrogenase complex and pyruvate carboxylase in certain cancers are usually downregulated (Yuen et al., 2016); furthermore, pyruvate is found in blood plasma, urine, and cerebrospinal fluid, and its presence there is not associated with damage of plasma membranes. Of course, this does not mean that extracellular pyruvate originated from the mitochondria, but it indicates that it can cross the plasma membrane through monocarboxylate transporters, some of which are distributed both in plasma and in the inner mitochondrial membrane (Hussien and Brooks, 2011); indeed monocarboxylate transporter 1, which is one of the four known pyruvate transport mechanisms, was recently shown to export pyruvate from the cell (Hong et al., 2016); however, mitochondrial pyruvate export remains hypothetical especially in view of the fact that its exit is influenced by the membrane potential and →pH. It was also recently reported that loss of an MPC isoform prior to a tumorigenic stimulus doubled the frequency of adenoma formation and produced higher-grade tumors, and this was associated with a glycolytic metabolic phenotype and increased expression of stem cell markers (Bensard et al., 2020). Mindful of the above, these pathways are as shown in Figure 3 (yellow arrows).
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FIGURE 3. Pathways leading to pyruvate commencing from glucose, highlighted in yellow: intermediates transiting through the mitochondria. For abbreviations, see Table 1.


(10) Glc →→→ glyoxal →→→ glyoxylate: Glyoxylate enters the mitochondria; glyoxylate + Ala → Gly + pyruvate through AGXT2. Pyruvate may exit the mitochondria through the MPC (for considerations related to cancer, see pathway no. 5).

(11) Glc →→→ PEP which enters the mitochondria; PEP transport across the inner membrane of mammalian mitochondria has been demonstrated to occur by the tricarboxylate carrier by Robinson (1971) and the group of Soling et al. (1971) and Kleineke et al. (1973) and to a lesser extent by the adenine nucleotide carrier, shown by the Shug and Shrago (1973); Sul et al. (1976) and in Drahota et al. (1983) and reviewed in Passarella et al. (2003). The possibility of a PEP/pyruvate transporter has also been put forward (Satrustegui et al.,2007). More recently, PEP cycling via mitochondrial PEPCK evoking PEP transport across the inner mitochondrial membrane has also been demonstrated by the group of Kibbey (Stark et al., 2009); PEP → OAA by PCK2; OAA → pyruvate by reverse operation of PC. However, this is expected to be a very minor path. Pyruvate may exit the mitochondria through the MPC.

(12) Glc →→→ PEP; PEP enters the mitochondria through the means outlined in pathway 11. PEP → OAA by PCK2; OAA → pyruvate by FAHD1 (Pircher et al., 2011, 2015). FAHD1 also converts 3-acylpyruvate, acetylpyruvate, and fumarylpyruvate to pyruvate (Pircher et al., 2011). It is not known where acetylpyruvate comes from, but its existence is known since Krebs reported it (Krebs and Johnson, 1937). Pyruvate may exit the mitochondria through the MPC. FAHD1 depletion has been shown to induce premature senescence in human endothelial cells by inhibiting mitochondrial metabolism (Petit et al., 2017); however, this might be a double-edged sword since OXPHOS capacity has been inversely correlated with malignancy in several cell types (Zhou et al., 2003; Matoba et al., 2006; Hu et al., 2012; Hall et al., 2013; Bartesaghi et al., 2015; Nicolay et al., 2015; Capala et al., 2016; Smith et al., 2020).

(13) Glc →→→ PEP; PEP enters the mitochondria through the means outlined in pathway 11; PEP → OAA by PCK2; OAA → Mal by MDH2; Mal → pyruvate by ME2,3 (Zelewski and Swierczynski, 1991). Pyruvate may exit the mitochondria through the MPC. ME2 knockdown suppresses tumor growth in lung cancer (Ren et al., 2014), while ME2,3 deletions confer lethality in pancreatic cancer (Dey et al., 2017).

(14) Glc →→→ PEP; PEP enters the mitochondria through the means outlined in pathway 11; PEP → OAA by PCK2; OAA → Mal by MDH2; Mal exits the mitochondria; Mal → pyruvate by ME1 (Zelewski and Swierczynski, 1991; Loeber et al., 1994). ME1 knockdown inhibits the growth of colon cancer cells (Murai et al., 2017), and its overexpression is associated with larger breast tumor size, higher incidence of lymph node metastasis, and higher incidence of lymph–vascular invasion (Liu C. et al., 2020). In the same line, ME1 is associated with tumor budding—a phenomenon representing epithelial to mesenchymal transition—in oral squamous cell carcinomas (Nakashima et al., 2020).

(15) Glc →→→ PEP; PEP enters the mitochondria through the means outlined in pathway 11; PEP → OAA by PCK2; OAA + acetyl-CoA → citrate by CS; citrate exits the mitochondria through the dicarboxylate carrier; citrate + ATP + CoASH → acetyl-coA + ADP + Pi + OAA by ACLY (Chypre et al., 2012); OAA → Mal by MDH1; Mal → pyruvate by ME1 (for considerations related to cancer, see pathway no. 14).

(16) Glc →→→ PEP; PEP enters the mitochondria through the means outlined in pathway 11; PEP → OAA by PCK2; OAA + Glu →→Kg + Asp by GOT2; Asp exits the mitochondria; Asp + →Kg → Glu + OAA by GOT1; OAA → Mal by MDH1; Mal → pyruvate by ME1 (for considerations related to cancer, see pathway no. 14).

(17) Glc →→→ PEP; PEP enters the mitochondria through the means outlined in pathway 11; PEP → OAA by PCK2; OAA + acetyl-CoA → citrate by CS; citrate → cis-aconitate, intermediate of ACO2 reaction; cis-aconitate → itaconate by cADC; itaconate + CoASH + ATP (or GTP) → itaconyl-CoA + Pi + ADP (or GDP) by SUCL (Nemeth et al., 2016); itaconyl-CoA → citramalyl-CoA by methylglutaconase (MGTK); citramalyl-coA → acetyl-CoA + pyruvate by CLYBL (Shen et al., 2017). Pyruvate may exit the mitochondria through the MPC. CLYBL has been reported to be associated with colorectal cancer metastasis (Li and Peng, 2013). Furthermore, CLYBL was reported to be overexpressed in 465 out of 38,258 tumor samples in the COSMIC database8.



PATHWAYS LEADING TO PYRUVATE BUT NOT COMMENCING FROM GLUCOSE: INTERMEDIATES NOT TRANSITING THROUGH THE MITOCHONDRIA

These pathways are shown in Figure 4 (green arrows).
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FIGURE 4. Pathways leading to pyruvate but not commencing from glucose, highlighted in green: intermediates not transiting through the mitochondria. For abbreviations, see Table 1.


(18) Ser → pyruvate, catalyzed by SDS or SDSL (for considerations related to cancer, see pathway no. 6).

(19) Ser →→→ PEP; PEP → pyruvate; terminal reaction catalyzed by tartrate-resistant acid phosphatase (TR-Pases; for considerations related to cancer, see pathway no. 3).

(20) Ser →→→ PEP; PEP + GalNAc → GalNAc-1P + pyruvate. The terminal reaction is catalyzed by N-acetylgalactosamine kinase isoforms 1 or 2 (for considerations related to cancer, see pathway no. 4).

(21) Ala → pyruvate, catalyzed by L-amino-acid oxidases (LAAO) (Nakano et al., 1967): Several mammalian LAAOs have been described, of which the enzyme “interleukin-4 induced gene 1” (IL4I1) is the best characterized (Castellano and Molinier-Frenkel, 2017); IL4I1 expression was reported to be associated with poor prognosis in human breast cancers (Finak et al., 2008).

(22) Ala + 2-oxoglrm → Gln + pyruvate, catalyzed by glutamine-pyruvate transaminase (GPAT) (Cooper and Meister, 1972; Cooper and Kuhara, 2014). GPAT is upregulated in many cancers in a MYC-dependent manner (Dong et al., 2020).

(23) Ala + 2-Oml → Aml + pyruvate, catalyzed by alanine-ketomalonate transaminase (ALXT) (Nagayama et al., 1958). I was unable to find relevant literature on ALXT expression or aminomalonate levels and cancer.

(24) Ala + αKg → Glu + pyruvate, catalyzed by GPT: GPT—similar to GPAT—is upregulated in many cancers in a MYC-dependent manner (Dong et al., 2020).

(25) Ala + OAA → Asp + pyruvate; enzyme unknown (Rowsell, 1956).

(26) Ala + Glyoxylate → Gly + pyruvate, catalyzed by alanine-glyoxylate aminotransferase (for considerations related to cancer, see pathway no. 5).

(27) Ala + 3-OH-pyr → Ser + pyruvate, catalyzed by alanine-glyoxylate aminotransferase (for considerations related to cancer, see pathway no. 5).

(28) Thr → Gly + acetaldehyde, catalyzed by SHMT1 (Garrow et al., 1993; Pinthong et al., 2014); Gly + 5,10 mTHF → THF + Ser, catalyzed by serine hydroxymethyltransferase 1; Ser → pyruvate, catalyzed by SDS or SDSL. SHMT1 knockdown induces apoptosis in lung cancer cells (Paone et al., 2014), and SHMT inhibitors block the growth of many human cancer cells (Ducker et al., 2017). Patients with high SHMT2 expression exhibit a shorter overall survival rate compared with patients with low expression (Koseki et al., 2018; for further considerations related to SDS or SDSL and cancer, see pathway no. 6).

(29) Asp + αKg → Glu + OAA, catalyzed by GOT1; OAA → Mal by MDH1; Mal → pyruvate by ME1 (for considerations related to cancer, see pathway no. 14).

(30) 4-OH-proline →→→ pyruvate, through glyoxylate formation (see pathway no. 26).

(31) Cys →→→ pyruvate through the sulfinate pathway (Stipanuk, 1979, 2020). Notably, in pancreatic cancer cells exhibiting PKM1/2 knockdown, 20% of intracellular pyruvate originated from cysteine (Yu et al., 2019). The contribution of cysteine catabolism to cancer has been extensively reviewed by Serpa (2020).

(32) Cys → 3-sulfino-L-alanine catalyzed by aspartate 4-decarboxylase (Liu et al., 2012); 3-sulfino-L-alanine is transaminated to 3-sulfinopyruvate by either aspartate aminotransferase or deaminated to the same product by cysteine sulfinic acid deaminase; 3-sulfinopyruvate is non-enzymatically converted to sulfite and pyruvate (Stipanuk, 2020; for considerations related to cancer, see pathway no. 31).

(33) Cys →→→ H2S + pyruvate through the 3-mercaptopyruvate pathway (Nagahara and Sawada, 2006). Cys can also transaminate with →-ketoglutarate to form glutamate and 3-mercaptopyruvate though GOT1, exhibiting cysteine transaminase activity. The catabolism of 3-mercaptopyruvate toward pyruvate is outlined in the reactions below (pathway no. 34; for considerations related to cancer, see pathway no. 31).

(34) L-cysteine is isomerized to D-cysteine by cysteine racemase (2-amino-3-mercaptopropionic acid racemase) (Soda and Osumi, 1969); D-Cys is converted to 3-mercaptopyruvate by D-amino acid oxidase and, in turn, to pyruvate and H2S by 3-mercaptopyruvate sulfurtransferase (3MST) (Shibuya et al., 2013) or thiosulfate sulfurtransferase (TST) (Pallini et al., 1991). The possibility of conversion of D-Cys to pyruvate by D-cysteine desulfhydrase (Nagasawa et al., 1985) in mammalian cells is yet to be reported. 3-Mercaptopyruvate can also react with hydrogen cyanide, forming pyruvate and thiocyanate in a reaction catalyzed by 3MST or TST; obviously, this is only a very minor route of pyruvate production due to cyanide toxicity (Bhandari et al., 2014; for further considerations related to cancer, see pathway no. 31).

(35) Ser → dehydroalanine (2-aminoacrylate) by serine dehydratase (SDS), serine dehydratase-like protein (SDSL), or serine racemase (SRR): Dehydroalanine can further hydrolyze to NH3 and pyruvate through SDS, SDSL, or SRR (Kashii et al., 2005); sometimes this reaction is referred to as hydrolysis by “2-aminoacrylate aminohydrolase.” Dehydroalanine can also spontaneously hydrolyze to NH3 and pyruvate through the intermediate 2-iminopropanoate; the latter later part of this spontaneous hydrolysis can be accelerated by 2-iminopropanoate deaminase (Lambrecht et al., 2012). Dehydroalanine can also be derived from 2 3,5-diiodo-L-tyrosine or 3,5-diiodo-L-tyrosine by thyroid peroxidase in the process of forming thyroxine and triiodothyronine, respectively (Gavaret et al., 1980). The crucial importance of serine metabolism for the growth and survival of proliferating cells is extensively reviewed in Yang and Vousden (2016) and Newman and Maddocks (2017).

(36) Se-methyl-L-selenocysteine (SeMSC, Se-methylselenocysteine, methyl selenocysteine) can be deaminated to methaneselenol, NH3, and pyruvate by selenocysteine lyase (Esaki et al., 1982). SeMSC can be found in many edible plants, including garlic, onions, and broccoli, as well as in dietary supplements (Yang and Jia, 2014). SeMSC was shown to exhibit anticarcinogenic properties (Ip et al., 1991; Medina et al., 2001) and even potentiate the antitumor activity of anticancer drugs (Cao et al., 2014).

(37) Val →→→ 2-methyl-3-oxopropanoate; 2-methyl-3-oxopropanoate can get transaminated with alanine by AGXT2 to D-3-amino-isobutanoate + pyruvate (Kakimoto et al., 1969). The overexpression of enzymes participating in valine catabolism is associated with poor prognosis in prostate cancer (Mayers et al., 2016) and tumors of the colon (Shan et al., 2019). The role of valine in cancer has been extensively reviewed in Ananieva and Wilkinson (2018) and Lieu et al. (2020).

(38) Leu →→→ 3-methylbutanoyl-CoA; the latter compound is converted to isobutyryl-CoA through branched-chain fatty acid metabolism (many steps); isobutyryl-CoA →→→ 2-methyl-3-oxopropanoate; 2-methyl-3-oxopropanoate can get transaminated with alanine by AGXT2 to D-3-amino-isobutanoate + pyruvate (Kakimoto et al., 1969). Because leucine catabolism shares many steps with that of valine, for considerations related to cancer, see pathway no. 37.

(39) Ile →→→ 2-methylbutanoyl-CoA; the latter compound is converted to isobutyryl-CoA through branched-chain fatty acid metabolism (many steps); isobutyryl-CoA →→→ 2-methyl-3-oxopropanoate; 2-methyl-3-oxopropanoate can get transaminated with alanine by AGXT2 to D-3-amino-isobutanoate + pyruvate (Kakimoto et al., 1969). Because isoleucine catabolism shares many steps with that for valine, for considerations related to cancer, see pathway no. 37.

(40) Pro + αKg + O2 → CO2 + succinate + trans-4-hydroxy-L-proline, catalyzed by prolyl 4-hydroxylase subunit alpha (isoforms 1, 2, or 3); trans-4-hydroxy-L-proline is then converted to L-1-pyrroline-3-hydroxy-5-carboxylate, also yielding NAD(P)H, by either pyrroline-5-carboxylate reductase (isoforms 1, 2, or 3) or left–right determination factor 1 (LEFTY1), a member of the TGF-→ family of proteins; L-1-pyrroline-3-hydroxy-5-carboxylate can be converted to L-erythro-4-hydroxyglutamate, also yielding NAD(P)H, by aldehyde dehydrogenase 4 family member A1; in turn, L-erythro-4-hydroxyglutamate is transaminated with either OAA by GOT2, yielding 4-hydroxy-2-oxoglutarate + aspartate, or →Kg by GOT1 or GOT2, yielding 4-hydroxy-2-oxoglutarate + glutamate; finally, 4-hydroxy-2-oxoglutarate is converted to glyoxylate and pyruvate by 4-hydroxy-2-oxoglutarate glyoxylate-lyase. It is relevant that increased proline catabolism has been recently reported to support metastasis (Elia et al., 2017). Arg, through either interconversion to metabolites as for proline catabolism or through citrulline/ornithine and the fumarate nucleotide cycle will also lead to pyruvate formation; however, this probably requires inter-organ communication and, thus, may not be found within a single cell. The crucial role of proline catabolism in tumor growth and metastatic progression is extensively reviewed in Phang (2019) and D’Aniello et al. (2020).



PATHWAYS LEADING TO PYRUVATE BUT NOT COMMENCING FROM GLUCOSE: INTERMEDIATES TRANSITING THROUGH THE MITOCHONDRIA

These pathways are shown in Figure 5 (blue arrows).
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FIGURE 5. Pathways leading to pyruvate but not commencing from glucose, highlighted in blue: intermediates transiting through the mitochondria. For abbreviations, see Table 1.


(41) Thr →→→ acetyl-CoA; acetyl-CoA + OAA → citrate, catalyzed by CS; citrate exits the mitochondria through the dicarboxylate carrier; citrate + ATP + CoASH → Acetyl-coA + ADP + Pi + OAA by ACLY (Chypre et al., 2012); OAA → Mal by MDH1; Mal → pyruvate by ME1. The potential role of threonine catabolism in cancer is reviewed in Tsun and Possemato (2015) and Lieu et al. (2020) (for further considerations regarding ME1 and cancer, see pathway no. 14).

(42) Thr →→→ acetyl-CoA; acetyl-CoA + OAA → citrate, catalyzed by CS; citrate → cis-aconitate, intermediate of ACO2 reaction; cis-aconitate → itaconate by cADC; itaconate + CoASH + ATP (or GTP) → itaconyl-CoA + Pi + ADP (or GDP) by SUCL; itaconyl-CoA → citramalyl-CoA by MGTK; citramalyl-coA → acetyl-CoA + pyruvate by CLYBL. Pyruvate may exit the mitochondria through the MPC (regarding threonine and cancer, see pathway no. 41; regarding CLYBL and cancer, see pathway no. 17).

(43) Asn →→→ Asp; Asp + αKg → Glu + OAA by GOT2; OAA by PCK2; OAA → pyruvate by reverse operation of PC. However, this is expected to be a path of a very minor flux. Pyruvate may exit the mitochondria through the MPC. The crucial role of asparagine availability in cancer is explored in Panosyan et al. (2014); Krall et al. (2016), and Knott et al. (2018). However, more emphasis on asparagine availability for anabolic, rather than catabolic, purposes is given.

(44) Asn →→→ Asp; Asp + αKg → Glu + OAA by GOT2; OAA → pyruvate by acylpyruvase (FAHD1). Pyruvate may exit the mitochondria through the MPC (for considerations related to cancer, see pathways no. 12 and 37).

(45) Asn →→→ Asp; Asp + αKg → Glu + OAA by GOT2; OAA → Mal by MDH2; Mal → pyruvate by ME2,3. Pyruvate may exit the mitochondria through the MPC (for considerations related to cancer, see pathways no. 13 and 37).

(46) Asn →→→ Asp; Asp + αKg → Glu + OAA by GOT2; OAA → Mal by MDH2; Mal exits the mitochondria; Mal → pyruvate by ME1 (for considerations related to cancer, see pathways no. 14 and 37).

(47) Tyr, Phe →→→ Fum; Fum → Mal by FH; Mal → pyruvate by ME2,3 (for considerations related to cancer, see pathway no. 13).

(48) Tyr, Phe →→→ Fum; Fum → Mal by FH; Mal exits the mitochondria; Mal → pyruvate by ME1 (for considerations related to cancer, see pathway no. 14).

(49) Tyr, Phe →→→ Fum; Fum → Mal by FH; Mal → OAA by MDH2; OAA → pyruvate by acylpyruvase (FAHD1). Pyruvate may exit the mitochondria through the MPC (for considerations related to cancer, see pathway no. 12).

(50) Thr →→→ acetyl-CoA; acetyl-CoA + OAA → citrate, catalyzed by CS; citrate exits the mitochondria through the dicarboxylate carrier; citrate + ATP + CoASH → acetyl-coA + ADP + Pi + OAA by ACLY; OAA → PEP by PCK1; PEP enters the mitochondria; PEP → OAA by PCK2; OAA → pyruvate by acylpyruvase (FAHD1). Pyruvate may exit the mitochondria through the MPC (for considerations related to cancer, see pathway no. 12).

(51) Thr →→→ acetyl-CoA; acetyl-CoA + OAA → citrate, catalyzed by CS; citrate exits the mitochondria through the dicarboxylate carrier; citrate + ATP + CoASH → acetyl-coA + ADP + Pi + OAA by ACLY; OAA → PEP by PCK1; PEP enters mitochondria; PEP → OAA by PCK2; OAA → Mal by MDH2; Mal → pyruvate by ME2,3. Pyruvate may exit the mitochondria through the MPC (for considerations related to cancer, see pathway no. 13).

(52) Thr →→→ acetyl-CoA; acetyl-CoA + OAA → citrate, catalyzed by CS; citrate exits the mitochondria through the dicarboxylate carrier; citrate + ATP + CoASH → acetyl-CoA + ADP + Pi + OAA by ACLY; OAA → PEP by PCK1; PEP enters the mitochondria; PEP → OAA by PCK2; OAA → Mal by MDH2; Mal exits the mitochondria; Mal → pyruvate by ME1 (for considerations related to cancer, see pathway no. 14).

(53) Thr →→→ acetyl-CoA; acetyl-CoA + OAA → citrate, catalyzed by CS; citrate exits the mitochondria through the dicarboxylate carrier; citrate + ATP + CoASH → Acetyl-coA + ADP + Pi + OAA by ACLY; OAA → PEP by PCK1; PEP + GalNAc → GalNAc-1P + pyruvate. Terminal reaction catalyzed by N-acetylgalactosamine kinase isoforms 1 or 2 (for considerations related to cancer, see pathway no. 4).

(54) Thr →→→ acetyl-CoA; acetyl-CoA + OAA → citrate, catalyzed by CS; citrate exits the mitochondria through the dicarboxylate carrier; citrate + ATP + CoASH → acetyl-coA + ADP + Pi + OAA by ACLY; OAA → PEP by PCK1; PEP → pyruvate; the terminal reaction is catalyzed by tartrate-resistant acid phosphatases (for considerations related to cancer, see pathway no. 3).



INCOMPLETELY CHARACTERIZED REACTIONS FORMING PYRUVATE

In the literature, some reactions have been described to produce pyruvate but are incompletely characterized. These are collectively listed below:

(55) O-carbamoyl-L-serine + H2O → pyruvate + 2 NH3, catalyzed by carbamoyl-serine ammonia lyase (Copper and Meister, 1973). O-Carbamoyl-L-serine is a weak inhibitor of a phosphate-dependent glutaminase (Shapiro et al., 1979); mindful of the crucial importance of glutamine catabolism through glutaminases in many cancer types, this route of pyruvate provision is probably minor.

(56) L-Cysteine-S-conjugate + H2O → a thiol + NH3 + pyruvate, catalyzed by cysteine S-conjugate →-lyases (Cooper and Pinto, 2006). The possibility of cysteine S-conjugate β-lyases metabolizing anticancer agents is reviewed in Cooper et al. (2011).

(57) cystathionine + H2O → L-homocysteine + pyruvate + NH3 or cysteine + H2O → sulfide + NH3 + pyruvate or cystine → thiocysteine + pyruvate + NH3, all catalyzed by cystathionine gamma-lyase (Stipanuk et al., 2006; Chiku et al., 2009). Cystathionine gamma-lyase was reported to be upregulated in bone−metastatic PC3 cells, and its knockdown suppressed tumor growth and metastasis (Wang et al., 2019). In the same line, this enzyme was shown to be upregulated and played a crucial role in the proliferation and migration of breast cancer cells (You et al., 2017).

(58) L-Serine O-sulfate + H2O → pyruvate + NH3 + sulfate catalyzed by serine-sulfate ammonia-lyase (Tudball and Thomas, 1972). I was unable to find relevant literature on serine-sulfate ammonia-lyase expression or L-serine O-sulfate levels and cancer.

(59) N-Acetylneuraminate → N-acetyl-D-mannosamine + pyruvate catalyzed by N-acetylneuraminate lyase (Brunetti et al., 1962); relevant to this, treatment of HL-60 cells by phorbol esters leads to a marked increase in the activity of this enzyme (Warren, 1986).

(60) D-Alanine + H2O + O2 → pyruvate + NH3 + H2O2 catalyzed by DAAO (Nagata et al., 1992; Abe et al., 2005; Fuchs et al., 2005; Smith et al., 2009). The interaction of D-alanine (and other D-amino acids) with tumors is reviewed in Bastings et al. (2019).

(61) L-Alanine → pyruvate + NH3 catalyzed by glutamate dehydrogenase; this reaction exhibits a weak activity (Silverstein, 1974). The role of glutamate dehydrogenase in cancer cells has been extensively reviewed in Moreno-Sanchez et al. (2020).

(62) 2-Oxosuccinamic acid + Ala → Asn + pyruvate, catalyzed by asparagine aminotransferase (Cooper, 1977; Maul and Schuster, 1986). The origin of 2-oxosuccinamic acid is not known (Cooper et al., 1987). I was unable to find relevant literature on 2-oxosuccinamic acid levels and cancer.

(63) Pyruvate oxime + acetone → pyruvate + acetone oxime, catalyzed by oximinotransferase (Omura et al., 1956). Due to acetone volatility, this is probably a very minor pathway for pyruvate production.

(64) Methylmalonyl-CoA + pyruvate → propionyl-CoA + oxaloacetate catalyzed by methylmalonyl-CoA carboxytransferase (Swick and Wood, 1960). This reaction is reversible and thus may yield pyruvate. I was unable to find relevant literature on methylmalonyl-CoA carboxytransferase and cancer.

(65) L-Alanine + 3-oxopropanoate → pyruvate + →-alanine, catalyzed by either →-alanine-pyruvate transaminase (Ito et al., 2001) or alanine-glyoxylate aminotransferase isoform 2 (Lee et al., 1995) (for considerations related to cancer, see pathway no. 5).

(66) Phenylpyruvate + L-alanine → L-phenylalanine + pyruvate catalyzed by phenylalanine (histidine) transaminase (Minatogawa et al., 1977). Phenylpyruvate has been reported to inhibit pyruvate kinase activity in human brain (Weber, 1969), thus enhancing PK-bypassing pathways. Phenylpyruvate levels were also found to be increased in ovarian cancers (Fong et al., 2011).

(67) 2-Oxoisohexanoate + L-alanine → L-leucine + pyruvate, catalyzed by the mitochondrial branched-chain L-amino acid aminotransferase (Schadewaldt et al., 1995). The role of branched-chain L-amino acid aminotransferase in cancer has been reviewed in Ananieva and Wilkinson (2018).

(68) PCK1, ME1, and ME2,3 may also convert OAA to CO2 and pyruvate (Sauer, 1973; Carlson et al., 1978; Bukato et al., 1995; Lee et al., 1995) (for considerations related to cancer, see pathway nos. 13 and 14).

(69) Salsolinol can be converted to salsolinol-1-carboxylate by salsolinol synthetase which can then be catabolized to dopamine and pyruvate (by an unknown enzyme); salsolinol is an endogenous catechol isoquinoline detected in humans derived from dopamine metabolism (Sandler et al., 1973; Collins et al., 1979). Salsolinol has been implicated in the initiation and promotion of alcohol-related breast carcinogenesis (Murata et al., 2016).



PATHWAYS LEADING TO L-LACTATE AND D-LACTATE INCLUDING THOSE NOT GOING THROUGH LACTATE DEHYDROGENASE

These pathways are shown in Figure 6 (brown arrows).
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FIGURE 6. Pathways leading to L- and D-lactate, including those not going through lactate dehydrogenase, highlighted in brown. For abbreviations, see Table 1.


Lactate—unlike pyruvate—exhibits chirality; thus, it exists in L- or D- configuration. In humans, a putative D-lactate dehydrogenase is known to exist (Flick and Konieczny, 2002; Ewaschuk et al., 2005; Chen et al., 2015). In metabolomics experiments, it is uncommon to distinguish between L- and D-lactate even although it is possible by using special columns. In this section, D- and L-lactate-forming pathways are outlined, including those not going through LDH:

(70) D-lactate formation by methylglyoxal and intestinal flora (Chen et al., 2015) (for considerations related to cancer, see pathway no. 2).

(71) Pyruvate + QH2 → D-lactate + Q, catalyzed by D2HGDH in the mitochondrial matrix (Cammack, 1969, 1970). Mutations in D2HGDH have been reported to be involved in multiple types of cancers but render the enzyme hypoactive or inert (Ye et al., 2018); thus, it is unlikely for this route to be important regarding pyruvate production.

(72) D- (or L-) Lactate + 2 ferricytochrome → 2 ferrocytochrome C + 2 H+ + pyruvate, catalyzed by D-lactate dehydrogenase; this reaction is mentioned in several databases, but no reference is given.

(73) D- (or L-) Lactate + 2 ferricytochrome → 2 ferrocytochrome C + 2 H+ + pyruvate, catalyzed by cytochrome B5 domain-containing protein 1; this reaction is mentioned in several databases, but no reference is given.

(74) Pyruvate + NADPH → NADP+ + L-lactate, catalyzed by ADH (Bosron and Prairie, 1972). The many roles of ADH in malignant neoplasms have been extensively reviewed in Orywal and Szmitkowski (2017).

(75) Pyruvate + H2O2 → L-lactate + O2, catalyzed by hydroxyacid oxidases (HAO1,2,3) (Fry and Richardson, 1979; Vignaud et al., 2007). However, in Jones et al. (2000), no HAO activity was reported. In primary pancreatic tumors, HAO3 is strongly downregulated (Thakur et al., 2008). HAO2 was reported to inhibit the malignancy of clear cell renal cell carcinoma cells. Overall, it is unlikely for this to be a substantial pathway in yielding pyruvate in cancer.

(76) Protein deglycase (E.C. 3.5.1.124) may form D-lactate from proteins (Richarme et al., 2015; Richarme and Dairou, 2017). Relevant to this, the deglycase DJ-1/Park7 is important for cancer cell survival (Vasseur et al., 2009).

(77) Methylglyoxal spontaneously forms a hemithioacetal adduct with GSH; subsequently, glyoxalase I (lactoylglutathione lyase; EC 4.4.1.5) produces S-D-lactoylglutathione from this adduct (Thornalley, 1990), and glyoxalase II (hydroxyacylglutathione hydrolase; EC 3.1.2.6), in turn, hydrolyzes S-D-lactoylglutathione to D-lactate + GSH (Cordell et al., 2004) (for considerations related to cancer, see pathway no. 2).

Finally, it is worth mentioning that LDH may process substrates other than pyruvate and lactate, interconverting glyoxylate + NAD+ to oxalate + NADH or α-ketobutyrate to →-hydroxybutyrate or L-glycerate to hydroxypyruvate (Dawkins and Dickens, 1965; Kim and Whitesides, 1988).



PATHWAYS LEADING TO PYRUVATE COMMENCING FROM GLUTAMINE (GLUTAMINOLYSIS)

It is a well-known fact that most cancer cells grow much better when feeding media contain glutamine; this spurred from the pioneering studies of Eagle et al. (1956), showing the dependence of cancer cells growing in monolayer cultures on glutamine. The many critical roles of glutamine in tumor metabolism is reviewed in Altman et al. (2016). From the energetic point of view it were Reitzer et al. (1979) who first showed that glutamine, not sugars, is the main energy source in cultured HeLa cells and that carbon atoms from glutamine incorporate into lactate, but not more than 13%. Zielke et al. (1980), likewise reported that human diploid fibroblasts metabolize up to 13% of media glutamine to lactate. In the same line of thought, Scott et al. (2011), showed that, in human melanoma cell lines, glutamine did not significantly label lactate, in agreement with the data of Ta and Seyfried (2015) reporting that, in a murine glioblastoma cell line, minimal amounts of lactate derived from glutamine were detected. Le et al. (2012), as well as Son et al. (2013) likewise showed that 13C-labeled atoms in glutamine appear in lactate also to a minimal extent. However, in a study published by DeBerardinis et al. (2007), ∼60% of the glutamine metabolized by SF188 cells was claimed to be converted to lactate, although they seemed to combine this percentage with that of alanine production. The pathway of converting glutamine to pyruvate (and lactate), referred to by McKeehan (1982) as “glutaminolysis,” has been considered a hallmark of tumor metabolism; however, this is a misconception: in normal tissues, ∼18% of glutamine carbons appear in lactate (Windmueller and Spaeth, 1974), as opposed to ∼10–13% (or less) in tumor cells (see the references above). Thus, if anything, cancer cells exhibit a decrease in glutamine-to-lactate conversion exactly as anticipated, mindful that glutamine provides both energy and building blocks for several biosynthetic processes of cancer. Although glutaminolysis was originally attributed to the pathway Gln → Glu → aKg → succinyl-CoA → succinate → fumarate → malate (exiting the mitochondria) → pyruvate (through malic enzyme), several other routes may also contribute (outlined below; see Figure 7).
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FIGURE 7. Pathways leading to pyruvate commencing from glutamine (glutaminolysis), highlighted in red. For abbreviations, see Table 1.


(78) (For the sake of completion, the glutaminolysis pathway proposed by McKeehan (1982) is repeated in the present entry) Gln → Glu → aKg → succinyl-CoA → succinate → fumarate → malate; malate exits the mitochondria → pyruvate; this last step is catalyzed by cytosolic malic enzyme (ME1).

(79) Gln → Glu → aKg → isocitrate → cis-aconitate → itaconate by cADC; itaconate + CoASH + ATP (or GTP) → itaconyl-CoA + Pi + ADP (or GDP) by SUCL (Nemeth et al., 2016); itaconyl-CoA → citramalyl-CoA by methylglutaconase (MGTK); citramalyl-coA → acetyl-CoA + pyruvate by CLYBL (Shen et al., 2017). Pyruvate may exit the mitochondria through the MPC.

(80) Gln → Glu → aKg → isocitrate → cis-aconitate → citrate, exiting the mitochondria → citrate + ATP + CoASH → acetyl-coA + ADP + Pi + OAA by ACLY (Chypre et al., 2012); OAA → Mal by MDH1; Mal → pyruvate by ME1.

(81) Gln → Glu → aKg → isocitrate → cis-aconitate → citrate, exiting the mitochondria → citrate + ATP + CoASH → acetyl-coA + ADP + Pi + OAA by ACLY; OAA → PEP by PCK1; PEP + GalNAc → GalNAc-1P + pyruvate. The terminal reaction is catalyzed by N-acetylgalactosamine kinase isoforms 1 or 2.

(82) Gln → Glu → aKg → isocitrate → cis-aconitate → citrate, exiting the mitochondria → citrate + ATP + CoASH → acetyl-coA + ADP + Pi + OAA by ACLY; OAA → PEP by PCK1; PEP → pyruvate; the terminal reaction is catalyzed by tartrate-resistant acid phosphatases.

(83) Gln → Glu → aKg → succinyl-CoA → succinate → fumarate → malate → pyruvate by ME2,3; pyruvate may exit the mitochondria through the MPC.

(84) Gln → Glu → aKg; aKg transaminates with Asp forming Glu and OAA, by GOT2; OAA → pyruvate by FAHD1 (Pircher et al., 2011, 2015); pyruvate may exit the mitochondria through the MPC.

(85) Gln → Glu → aKg; aKg transaminates with Asp forming Glu and OAA, by GOT2; OAA → Mal by MDH2; Mal exits the mitochondria; Mal → pyruvate by ME1 (Zelewski and Swierczynski, 1991; Loeber et al., 1994).

(86) Gln → Glu → aKg; aKg transaminates with Asp forming Glu and OAA, by GOT2; OAA → Mal by MDH2; malate → pyruvate by ME2,3; pyruvate may exit the mitochondria through the MPC.



ENERGETICS OF GLYCOLYSIS WITH KINETICALLY INACTIVE PK

Glycolysis yields a net of two ATP molecules per glucose molecule; however, in view of an inactive PK while pyruvate is made through PK-bypass pathways, net ATP production from glycolysis is expected to be zero. Although the importance of high-energy phosphate generation has been downplayed in cancer tissues (Vander Heiden et al., 2009), it cannot be ignored that—according to the BRENDA database—among the 336 enzymatic reactions requiring ATP in a cell (without even considering quantitatively important, non-enzymatic mechanisms such as Na+/K+ ATPase), 125 of them occur in the cytosol. Clearly, while it is imperative to prevent phosphofructokinase and hexokinase from ATP-dependent feedback inhibition and allow a high flux of glycolysis for the sake of generating intermediates shuttled toward other pathways, ATP is still needed for many other reactions. Crunching the numbers regarding cytosolic energetics is a daunting task, but what is definite is that a cell with nearly zero ATP production from glycolysis may not harbor ATP-consuming mitochondria, for whatever reason (hypoxia, mtDNA mutations, etc.). This can be solved by maintaining the adenine nucleotide translocase in “forward” mode, i.e., providing ATP to the cytosol which is made by SUCL supported by glutaminolysis (Chinopoulos et al., 2010). Production of pyruvate and, therefore lactate is still maintained by the PK-bypassing pathways so as to thwart a reductive stress as pyruvate-to-lactate by LDH maintains a low NADH/NAD+ ratio. Finally, it is important to emphasize that this lack of ATP generation by glycolysis due to PK inhibition does not only occur in neoplastic tissues, but it seems to be a more general pathophysiological mechanism also present in tissue ischemia: it was recently reported that during acute kidney injury, PK was inhibited by oxidative/nitrosative stress for the purpose of diverting glycolytic intermediates toward the pentose phosphate pathway which, in turn, yielded reducing equivalents and mounted a better response during the reperfusion phase where ROS are formed, thus increasing the chances for organ survival (Zhou et al., 2019).



CONCLUSION

The above considerations aim to (i) highlight that L-lactate can still be produced from pyruvate using carbon atoms originating from glucose or other substrates in cells with kinetically impaired pyruvate kinase and (ii) show that the mitochondria may contribute to cancer metabolism irrespective of oxidative phosphorylation by providing means of contributing to pyruvate production. Having said that, it is important to emphasize that none of the aforementioned reactions take into account the potential regulatory effects of metabolites on other reactions such as those occurring on PK by amino acids (Chaneton et al., 2012; Yuan et al., 2018). In addition, each enzyme probably exhibits different kinetic and thermodynamic constraints which control the overall flux, which also means that many of these pathways may not operate simultaneously. Such exponentially increasing complexity of a system precludes the possibility of predictions and modeling, though I would be happy to be proven wrong.
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Mitochondrial enzymes involved in energy transformation are organized into multiprotein complexes that channel the reaction intermediates for efficient ATP production. Three of the mammalian urea cycle enzymes: N-acetylglutamate synthase (NAGS), carbamylphosphate synthetase 1 (CPS1), and ornithine transcarbamylase (OTC) reside in the mitochondria. Urea cycle is required to convert ammonia into urea and protect the brain from ammonia toxicity. Urea cycle intermediates are tightly channeled in and out of mitochondria, indicating that efficient activity of these enzymes relies upon their coordinated interaction with each other, perhaps in a cluster. This view is supported by mutations in surface residues of the urea cycle proteins that impair ureagenesis in the patients, but do not affect protein stability or catalytic activity. We find the NAGS, CPS1, and OTC proteins in liver mitochondria can associate with the inner mitochondrial membrane (IMM) and can be co-immunoprecipitated. Our in-silico analysis of vertebrate NAGS proteins, the least abundant of the urea cycle enzymes, identified a protein-protein interaction region present only in the mammalian NAGS protein—“variable segment,” which mediates the interaction of NAGS with CPS1. Use of super resolution microscopy showed that NAGS, CPS1 and OTC are organized into clusters in the hepatocyte mitochondria. These results indicate that mitochondrial urea cycle proteins cluster, instead of functioning either independently or in a rigid multienzyme complex.

Keywords: urea cycle, N-acetylglutamate synthase, carbamylphosphate synthetase 1, ornithine transcarbamylase, enzyme cluster, mitochondria, metabolite channeling, super-resolution imaging


INTRODUCTION

Mitochondria are ATP producing organelles where multi-enzyme complexes catalyze reactions of the TCA cycle, fatty acid beta-oxidation and oxidative phosphorylation. To perform these diverse functions, mitochondria maintain the inner and outer mitochondrial membrane-bound compartments. These compartments are further spatially sub-organized into complexes to efficiently channel unstable and highly reactive intermediates between enzymes that catalyze consecutive reactions of the TCA cycle, oxidative phosphorylation and fatty acid beta-oxidation (Schmitt and An, 2017). In addition to the compartments found ubiquitously in all mitochondria, the mammalian hepatocyte mitochondria contain three enzymes of the urea cycle, which detoxifies ammonia into urea (Brusilow and Horwich, 2001). Ammonia is a nitrogen waste product of protein catabolism and an extremely potent neurotoxin that can cause brain damage when its concentration in body fluids exceeds 50 μM (Brusilow and Horwich, 2001). Therefore, the primary function of the urea cycle in mammals is to protect the central nervous system from the toxic effects of ammonia (Brusilow and Horwich, 2001; Caldovic and Tuchman, 2003). Six enzymes, N-acetylglutamate synthase (NAGS, EC 2.3.1.1), carbamylphosphate synthetase 1 (CPS1, EC 6.3.4.16), ornithine transcarbamylase (OTC, EC 2.1.3.3), argininosuccinate synthase (ASS, EC 6.3.4.5), argininosuccinate lyase (ASL, EC 4.3.2.1), and arginase 1 (ARG1, EC 3.5.3.1) are required for the conversion of ammonia into urea (Brusilow and Horwich, 2001). NAGS, CPS1, and OTC are located in the mitochondria and ASS, ASL, and ARG1 are cytoplasmic enzymes. Additionally, two transporters, an ornithine/citrulline transporter (ORNT) and an aspartate/glutamate transporter, also known as citrin or ARALAR2, are also required for normal function of the urea cycle (Bradford and McGivan, 1980; Kobayashi et al., 1999; Brusilow and Horwich, 2001). Aside from liver, NAGS, CPS1, and OTC are also expressed in the intestinal mucosa where they catalyze formation of citrulline—a precursor for nitric oxide and arginine biosynthesis in mammals (Brusilow and Horwich, 2001).

NAGS catalyzes formation of N-acetylglutamate (NAG), which is an essential allosteric activator of CPS1 in mammals. The amino acid sequence of the mammalian NAGS consists of three regions with different degrees of conservation: the mitochondrial targeting signal (MTS), the variable segment (VS), and the conserved segment (Caldovic et al., 2002a). When expressed in cultured insect cells, the mouse NAGS pre-protein was imported into the mitochondria and processed at two sites. Removal of the MTS resulted in a mature NAGS (NAGS-M) while removal of the MTS and the variable segment resulted in conserved NAGS (NAGS-C) (Morizono et al., 2004). Recombinant NAGS-M and NAGS-C both catalyze the formation of NAG and are activated by arginine (Caldovic et al., 2006).

CPS1 catalyzes the formation of carbamyl phosphate from ammonia, ATP, and bicarbonate, while OTC catalyzes the production of citrulline from carbamyl phosphate and ornithine (Brusilow and Horwich, 2001). Citrulline is exported into cytoplasm via ORNT and converted into ornithine and urea by ASS, ASL, and ARG1. Ornithine re-enters the urea cycle upon import into mitochondria by ORNT and urea is excreted by the kidneys (Brusilow and Horwich, 2001). CPS1 is presumed to be the rate-limiting enzyme of ureagenesis because increased protein catabolism due to either high protein diet or breakdown of cellular proteins does not result in the accumulation of downstream urea cycle intermediates (Waterlow, 1999).

NAGS, CPS1, and OTC are considered to be soluble matrix proteins (Clarke, 1976; Raijman, 1976; Raijman and Jones, 1976; Shigesada and Tatibana, 1978; Bendayan and Shore, 1982; Sonoda and Tatibana, 1983; Hamano et al., 1988). However, existing evidence suggests that instead of being uniformly distributed in the mitochondrial matrix these enzymes interact with each other and the inner mitochondrial membrane (IMM). For example, subcellular fractionation of rat liver mitochondria revealed that CPS1 and OTC interact with the IMM (Powers-Lee et al., 1987); a finding complemented by electron microscopy data showing that OTC is also closely associated with the IMM (Yokota and Mori, 1986). Studies using isotopic tracers and isolated mitochondria show channeling of urea cycle intermediates from CPS1 to OTC (Cohen et al., 1992) and from ASS to ASL to arginase 1 (Cheung et al., 1989). Clinical studies in patients with urea cycle defects who receive a liver transplant show a continued need for supplementation with arginine (Tuchman, 1989). This observation supports the idea that urea cycle intermediates tightly channel between urea cycle enzymes, which causes arginine, an intermediate of the urea cycle and a protein building block, to not leave the transplanted liver and hence require continued supplementation.

The above properties of the urea cycle suggest that mitochondrial urea cycle enzymes interact, allowing compartmentalization of urea cycle in the mitochondria. However, structural details of the urea cycle enzymes that allow such interaction and its clinical impact remains poorly studied. Using a combination of protein structural analysis, mapping of patient mutations, liver mitochondrial fractionation, co-immunoprecipitation of urea cycle enzymes, and super-resolution microscopy we provide structural evidence that NAGS, CPS1, and OTC enzymes interact and form clusters in the mitochondria. This evidence offers direct support that the urea cycle is yet another mitochondrial function that relies upon compartmentalization by the formation of a protein cluster.



MATERIALS AND METHODS


Ethics Statement

Experimental procedures involving animals were approved by the Institutional Animal Care and Use Committee of the Children’s National Medical Center.



Determination of the Solvent Accessible Surface Area and Conservation

Crystal structures 5DOT, 5DOU, and 1OTH were used to calculate relative solvent accessible surface area (SASA) for the apo and liganded CPS1, and OTC trimer structures after removal of heteroatoms and water molecules. SASA of each amino acid was calculated with the Shrake and Rupley dot method (Shrake and Rupley, 1973) as described by Ho1 and using mesh density 9,600. A custom Python script2 was used to calculate SASA for each residue. The same method was used to calculate maximal SASA for amino acid using polypeptide in which each of the 20 amino acids is flanked by a glycine residue (Supplementary File S1); this polypeptide was modeled as β-strand using VEGA 3.1.1 (Pedretti et al., 2002). Relative SASA was calculated by dividing SASA of each amino acid with its maximal SASA.

Conservation of amino acids was determined from the alignment of either 233 homologs of human CPS1 (Supplementary File S2) or 270 homologs of human OTC (Supplementary File S3) from vertebrates and multicellular invertebrates. Protein sequences were collected from the NCBI non-redundant protein sequence database using Protein BLAST (Altschul et al., 1990, 1997), default parameters (word size 6, expected threshold 10, scoring matrix BLOSSUM62, gap existence 11, and gap extension 1) and sequences of human CPS1 and OTC as queries. Clustal Omega (Madeira et al., 2019) was used for multiple protein sequence alignment and WebLOGO3 (Crooks et al., 2004) was used for visualization of multiple sequence alignments. Conservation of surface residues that are mutated in patients with CPS1 and OTC deficiencies was determined as percent of either 233 CPS1 or 270 OTC homologs that have the same amino acid as human protein at that position.



Accurate Modeling of the Impact of Mutations

The structural models of CPS1 and OTC used in the prediction of the effects of point mutations were obtained after several modeling steps. First we modeled the missing loops, side-chains and termini into the existing structures of CPS1 and OTC (PDB entries 5DOU and 1C9Y, respectively) using MODELLER version 9.23 (Eswar et al., 2006). Arginine 270 in the crystal structure of OTC was reverted to glutamine according the sequence reported in the UniProtKB database (entry P0048) (UniProt Consortium, 2019).

The prediction of changes in protein stability (the ΔΔG) and structure resulting from single amino acid substitutions was performed with the ddg_monomer application, as implemented in Rosetta version 3.11, following the high-resolution protocol (Kellogg et al., 2011). The protocol generated 50 models for both the wild-type and the point mutant. The ΔΔG of the mutation was calculated as the difference in Rosetta energies between the three highest scoring wild−type structures and the three top−scoring mutant structures. Input structures were pre-minimized to reduce steric clashes. Distance restraints between Cα pairs within 9 Å of each other were part of the optimization to prevent the backbone from moving too far from the starting conformation. The ideal value for the restraint was taken as the distance in the original structure and the standard deviation on the harmonic constraint was set to 0.5 Å. The score12 weight function (Rohl et al., 2004) was used in all calculations. The crystallographic threefold symmetry was explicitly imposed on all OTC models both in MODELLER and Rosetta. Mutant proteins with ΔΔG of 0–2 kcal/mol were considered to have similar stability as the wild-type while mutant proteins with ΔΔG < 0 kcal/mol were considered to be more stable than the wild type protein.



Identification and Computational Analysis of VS Sequences

Protein sequences of vertebrate NAGS were collected using Blastp to query vertebrate proteins in either NCBI nr or UniProt databases with human and zebrafish NAGS (Caldovic et al., 2002a, 2014). Default parameters (word size 6, gap opening and extension penalties 11 and 1, respectively, and BLOSUM62 scoring matrix) were used for the search, which resulted in 90 mammalian NAGS sequences (Supplementary File S4) and 61 NAGS sequences from fish, amphibians and reptiles (Supplementary File S5). The most likely translation initiation site for each NAGS sequence was determined by inspection of protein alignments with the corresponding genomic sequences and with human and zebrafish NAGS, performed using ClustaW in MEGA7 (Kumar et al., 2018); amino acids encoded by predicted exons located upstream of the exon that corresponds to exon 1 in human and zebrafish NAGS genes were removed. The boundaries of the VS were defined as sequences between the mitochondrial protein peptidase (MPP) cleavage site and the beginning of sequence homology with vertebrate-like N-acetylglutamate synthase-kinase from Xanthomonas campestris (XcNAGS-K), which does not have MTS and VS (Qu et al., 2007). Sequence alignments with mouse NAGS, which has experimentally determined MPP cleavage site (Caldovic et al., 2010), as well as MitoPorotII (Claros and Vincens, 1996) and MitoFates (Fukasawa et al., 2015) were used for prediction of MPP cleavage sites in NAGS sequences. The C-termini of VS were determined by sequence alignments of NAGS sequences with XcNAGS-K using ClustalW in MEGA7. The lengths, proline content and sequence identities of VS were determined using MEGA7. WebLOGO3 (Crooks et al., 2004) was used to visualize VS sequence alignments that were generated with ClustalW in MEGA7.



Fractionation of Rat Liver Mitochondria

Fractionation of mitochondria was carried out as described previously (Powers-Lee et al., 1987). Briefly, mitochondria were purified from donated rat livers using differential centrifugation (Graham, 2001). Purified mitochondria were resuspended in 5 mM Tris HCl, 250 mM Sucrose, 1 mM EDTA, pH 7.2, and subjected either to three rounds of freezing and thawing, or treatment with 0.12 mg of digitonin per mg of mitochondrial protein to remove the outer mitochondrial membrane as supernatant after centrifugation at 9000 × g for 10 min. Pelleted material was resuspended in 20 mM Hepes Buffer, pH 8.0 and sonicated. The vesicles that resulted from the sonication treatment were treated with increasing concentrations of Triton X-100 (0, 0.1, 0.5, and 1.0%) for 30 min. at room temperature, followed by pelleting of the membranes by ultracentrifugation at 144,000 × g for 60 min, washing three times with 20 mM Hepes, pH 8.0, and re-suspension in the same buffer. The amount of NAGS in each mitochondrial fraction was determined using immunoblotting with the primary antibody raised against recombinant mouse NAGS at 1:5,000 dilution and HPRT-conjugated donkey anti-rabbit secondary antibody (Pierce) at 1:50,000 dilution. NAGS bands were visualized using SuperSignal West Pico kit (Pierce) according to the manufacturer’s instructions. The amounts of CPS1 and OTC in each mitochondrial fraction were determined using immunoblotting with primary antibodies raised against CPS1 or OTC at 1:5,000 dilution, followed by the HPRT-conjugated secondary antibody at 1:10,000 dilution. CPS1 and OTC were visualized using ECL Western Blotting Substrate (Pierce) according to the manufacturer’s instructions. The intensity of each band was measured using a GS-800 Calibrated Densitometer (Bio-Rad) and the Quantity One software package (Bio-Rad). Mitochondrial fractions were probed with antibodies raised against mitochondrial markers of the IMM, mitochondrial matrix and outer mitochondrial membrane: CoxIV (Abcam) at 1:5,000 dilution, Grp75 (Stressgen) at 1:1,000 dilution and VDAC (Pierce) at 1:1,000 dilution (Da Cruz et al., 2003; Rardin et al., 2008, 2009). Filters were then probed with the HPRT-conjugated secondary antibody (Bio-Rad). The CoxIV, Grp75, and VDAC bands were visualized using ECL Western Blotting Substrate (Pierce).



Cloning of Recombinant Mouse Variable Segments

Mouse variable segment (mVS) coding sequence was subcloned using pNS1 plasmid (Caldovic et al., 2002b) as a template and primers 5′-GGG ACA TAT GCT CAG CAC CGC CAG GGC TCA C-3′ and 5′-AGG TGG ATC CTT ATT ATT ACC AGT GGC GTG CTT CC-3′ which amplify the sequence between codons 49 and 117 of the mouse NAGS preprotein coding sequence. The amplification conditions were: initial denaturation at 95°C for 3 min., followed by 25 cycles of denaturation at 95°C for 30 s, annealing at 60°C for 30 s and extension at 72°C for 30 s, and final extension at 72°C for 5 min. using Pfu Turbo Hotstart DNA polymerase (Stratagene). This amplification product was cloned into pCR4Blunt-TOPO (Invitrogen) producing TOPOmVS. The correct coding sequence was confirmed by DNA sequencing. Plasmid TOPOmVS was cleaved with NdeI and BamHI sites and subcloned into pET15b to create pET15bmVS.

The amino acid sequence of the reversed variable segment (revVS) was generated by reversing the amino acid sequence of mVS. The amino acid sequence of shuffled variable segment (shVS) was generated by dividing the sequence of mVS in the middle, then inter-digitating the amino acid sequences of the two halves. The coding sequences of revVS and shVS, including three stop codons at their 3′ ends and NdeI and BamHI restriction sites at the 5′- and 3′-ends, were chemically synthesized as mini-genes and inserted into pIDTSMART-KAN plasmid (Integrated DNA Technologies) followed by subcloning into pET15b bacterial expression vector to create pET15brevVS and pET15bshVS plasmids.



Recombinant Protein Purification

Recombinant NAGS was purified as described previously (Caldovic et al., 2006; Haskins et al., 2008). Briefly, plasmid pET15bmNAGS-M (Caldovic et al., 2006) was used for overexpression of mouse NAGS-M in E. coli. Pelleted cells were resuspended in Buffer A (50 mM potassium phosphate, 500 mM KCl, 20% glycerol, 10 mM β-mercaptoethanol, 0.006%Triton X-100, 1% acetone, pH 7.5) containing 10 mM imidazole and lysed with 40 mM n-octyl-β-d-glucopyranoside. Cell lysate was loaded onto Ni-NTA agarose column and recombinant NAGS-M was eluted with Buffer A containing 250 mM imidazole.

Recombinant mVS, revVS, and shVS were purified from cultures of transformed Escherichia coli C41(DE3) cells that were induced with the Overnight Express Autoinduction Kit System 1 (Novagen). Cells were pelleted and resuspended in Buffer A containing 10 mM imidazole. Lysozyme and phenylmethylsulfonyl fluoride were added to the final concentrations of 1 mg/ml and 0.1 mM, respectively. The cells were lysed with 40 mM n-octyl-β-D-glucopyranoside. DNAseI and RNAseA (0.1–0.5 mg/ml lysate) in 5 mM MgCl2 were added to remove nucleic acids by incubation at room temperature for 30 min. Cell lysate was cleared by centrifugation at 25,000 × g for 30 min at 4°C. A nickel-affinity column (GE Healthcare) was equilibrated with buffer A containing 10 mM imidazole. Cleared lysate was loaded onto the column at a flow rate of 0.3 ml/min. The column was washed with Buffer A containing 50, 125, 250, and 500 mM imidazole. The variable segments eluted between 250 and 500 mM imidazole. The protein size and purity were verified by Comassie blue staining following SDS-PAGE on the 16.5% Tris-Tricine Gel (Bio-Rad).



Mass Spectrometry Peptide Sequencing of Mouse Variable Segments

To confirm the identity of the purified mouse variable segments, they were excised from the 16.5% Tris-Tricine Gel and subjected to rapid, in-gel trypsin digestion (Shevchenko et al., 2006). The fragments were analyzed using mass spectrometry on an Applied Biosystems Voyager 4700 MALDI TOF/TOF mass spectrometer (Supplementary File S6).



Co-immunoprecipitation

Mouse liver mitochondria were purified from donated tissue using differential centrifugation (Graham, 2001) and lysed with PBS containing 2% CHAPS (Stankiewicz et al., 2005). Mitochondrial lysate was diluted to 1 mg/ml protein for immunoprecipitation with antibodies against OTC and CPS1 and 5 mg/ml protein for immunoprecipitation with anti-NAGS antibodies. Mitochondrial lysates were mixed with magnetic beads (Invitrogen) cross-linked to primary antibodies against NAGS, CPS1 or OTC according to the manufacturer’s instructions. Following incubation at 20°C for 10 min, the beads were washed five times with PBS containing 0.05% Triton X-100. Protein complexes were eluted with ImmunoPure IgG Elution Buffer (Pierce). Protein concentration in each elution fraction was measured using protein assay dye reagent concentrate (Bio-Rad) according to the manufacturer’s instructions. Between 0.5 and 1 μg of immunoprecipitated proteins were resolved using SDS-PAGE, and probed with primary antibodies raised against NAGS, CPS1, or OTC followed by the HPRT-conjugated secondary antibody. NAGS was visualized using SuperSignal West Pico kit (Pierce), and CPS1 and OTC were visualized using ECL Western Blotting Substrate (Pierce).

In experiments measuring competition between NAGS-M and the recombinant mVS, mitochondrial lysate was diluted to a protein concentration of 2 mg/ml, mixed with the mVS, revVS, or shVS in a 1:1 (v/v) ratio, and added to magnetic beads (Invitrogen) cross-linked to primary antibodies against CPS1. Depending on the experiment, the molar excess of recombinant variable segment peptides relative to CPS1 was between 10 and 30-fold, based on estimates of the reported abundance of CPS1 in the liver mitochondria (Raijman, 1976; Cohen et al., 1982; Sonoda and Tatibana, 1983; Wang D. et al., 2019). Immunoprecipitation was carried out as described above. The intensities of NAGS-M bands were measured using a GS-800 Calibrated Densitometer and Quantity One software (Bio-Rad).



Confocal and gSTED Microscopy

Confocal and Gated Stimulated Emission Depletion (gSTED) microscopy were performed as described previously (Bhuvanendran et al., 2014; Salka et al., 2017). Imaging was performed using the Leica TCS SP8 microscope equipped with a white light laser, two depletion lasers, acousto-optical beam splitter (AOBS) and hybrid detectors. Single labeling of all the confocal and gSTED samples was done using Alexa Fluor 647 while the double-labeled samples also had Alexa Fluor 532.

An HC PL APO CS2 100x/1.40 Oil objective was used to acquire confocal images. Alexa Fluor 532 was excited using 515 nm laser line and the emission was collected on a hybrid detector with the AOBS set to 520–590 nm whereas the Alexa Fluor 647 was excited using 645 nm laser line and the emission between 650 and 720 nm was collected.

12-bit gSTED images with pixel size less than 30 nm were acquired using the HC PL APO CS2 100x/1.40 Oil objective. Samples with Alexa Fluor 647 fluorophores were excited at 645 nm and depleted with 775 nm laser. The emission was collected between 650 and 720 nm with a time gating of 0.3–6.0 ns. In the double-labeled samples, sequential stack for Alexa Fluor 532 was acquired using a 515 nm excitation and 660 nm depletion. The time-gated emission between 2.2 and 6.0 ns was collected with the AOBS set from 520 to 590 nm.

These confocal and STED images were deconvolved with Huygens Professional version 17.04 (Scientific Volume Imaging3). Further image analysis, including intensity plots, were done using MetaMorph Premier version 7.7.0 (Molecular Devices4).



RESULTS AND DISCUSSION


Comparative Analysis of CPS1 and OTC Surface Residues Whose Mutations Disrupt Ureagenesis and Cause Disease

More than half of CPS1 and OTC deficiency cases are caused by missense mutations (Haberle et al., 2011; Caldovic et al., 2015). Due to the tight channeling of CPS1 and OTC intermediates in the mitochondria (Cohen et al., 1992) we reasoned that some of the disease-causing missense variants of CPS1 and OTC might disrupt their interaction and used the following protocol to assess this possibility (Supplementary Figure S1). First, we compiled published reports of CPS1 and OTC missense mutations found in patients with clinical and biochemical symptoms of CPS1 and OTC deficiencies. Next, we calculated relative solvent accessible surface area (SASA) of CPS1 and OTC amino acids and mapped the positions of amino acids whose replacements cause CPS1 and OTC deficiencies. Mutations of surface amino acids, with relative SASA greater than 25% and known effects on the biochemical function of mutant CPS1 and OTC were not analyzed further. For mutations of surface residues whose effect on biochemical function of CPS1 and OTC has not been established, we calculated the effect of amino acid replacements on protein stability (Supplementary Figure S1). Similar analysis of NAGS missense variants could not be carried out as full-length NAGS crystal structure has not been determined. Only the acetyltransferase domain of human NAGS has been crystallized (Zhao et al., 2013), which is insufficient to build a homology model that accurately represents the NAGS quaternary structure.

Human CPS1 pre-protein is 1,500 amino acids long; 1,352 and 1,422 amino acids are visible in the apo and liganded state, respectively (de Cima et al., 2015). Of these, 556 and 525 amino acids have more than 25% of their surface area exposed to solvent in the apo and liganded states, respectively, which we refer to as surface residues/amino acids (Levy, 2010). Of the 161 missense mutations that cause CPS1 deficiency (Supplementary Table S1), 22 mutations affect residues that are on the surface of both apo and liganded CPS1, 18 affect surface residues of the apo CPS1, and three affect surface residues of the liganded CPS1 (Supplementary Table S2). Biochemical properties of the p.Y389C, p.A438T, p.T471N, p.R721Q, p.K875E, p.E1255D, p.R1262Q, p.R1262P, p.C1327R, p.R1371L, p.P1439L, p.T1443A, and p.Y1491H recombinant CPS1 revealed that mutations of these surface residues result in destabilization, decreased enzymatic activity, and/or decreased affinity for NAG (Pekkala et al., 2009; Diez-Fernandez et al., 2013, 2014, 2015; Supplementary Table S2). The p.R1317W and p.G1333E replacements affect amino acids in the T’-loop and may disrupt substrate channeling between CPS1 active sites (de Cima et al., 2015), while replacement of the A438 with proline could affect flexibility of and hydrogen bonding within the T-loop (de Cima et al., 2015; Gao et al., 2015). To gain insight into effects of amino acid replacements on mutant CPS1 that were not characterized experimentally we modeled impact of 27 amino acid substitutions on CPS1 structure and calculated their effects on protein stability (Supplementary Table S2). Predicted stability of 15 mutant CPS1 proteins affecting 14 residues was either similar or higher than stability of the wild-type CPS1 (Supplementary Table S2). Replacements of these surface residues, distant to active and substrate binding sites, that do not destabilize the protein, qualify as mutations that could affect clustering of urea cycle enzymes by disrupting protein-protein interactions with OTC and/or NAGS (Figure 1 and Supplementary Table S2). Functional importance of the 14 surface amino acids whose replacements cause CPS1 deficiency was evaluated by determining their conservation in CPS1 homologs from 233 animal species (Supplementary File S2 and Supplementary Table S3). Eight of these residues are 100% conserved, and additional five are over 85% conserved in CPS1 homologs, while residues that correspond to less conserved H1045 and R1228 have similar size and/or chemical properties in most species (Table 1 and Supplementary Figure S2).
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FIGURE 1. Surface residues in the apo (A) and liganded CPS1 (B) whose replacements cause CPS1 deficiency. Disease causing mutations in the CPS1 gene were mapped to 3-dimensional structures of the apo CPS1 (5DOT) and liganded CPS1 (5DOU) enzymes. Surface residues in the apo and liganded CPS1 are shown in magenta. CPS1 glutaminase domain is shown in light gray, synthetase domain is shown in dark gray and the linker connecting the two domains is shown in yellow.



TABLE 1. Conservation of CPS1 surface residues whose replacements do not destabilize mutant protein and cause CPS1 deficiency.

[image: Table 1]Mature human OTC protein is 322 amino acids long and the functional enzyme is a trimer (Shi et al., 1998; Caldovic et al., 2015). In each subunit 125 residues have over 25% of their surface area accessible to solvent. Of the 265 missense mutations that cause OTC deficiency (Supplementary Table S4), 51 are replacements of 35 surface amino acids. Deleterious effects of the p.R40H, p.T49P, p.A102P, p.H255P, p.Q270P, p.L349P, p.G269E, p.G269R, p.K221N, p.K289D, and p.K289N replacements can be explained by their experimentally tested effects on either OTC mRNA splicing or protein folding, stability, and catalytic properties of the mutant protein (Supplementary Table S5). Calculations of protein stability were used to predict effects of 41 amino acid substitutions affecting 27 surface amino acids on stability of mutant OTC; 18 mutant OTC were predicted to have similar stability as the wild-type protein (Figure 2 and Supplementary Table S5). As with CPS1, amino acid replacements of surface residues that are far from catalytic and substrate binding sites, and do not destabilize mutant protein could cause disease by disrupting interactions with CPS1 and/or NAGS. Functional importance of the 14 surface residues whose replacements do not destabilize mutant OTC was evaluated by determining their conservation in OTC proteins from 270 animal species (Supplementary File S3 and Supplementary Table S6). Of the 14 surface amino acids associated with deleterious missense mutations seven are conserved in 85% of OTC homologs and the remaining seven are replaced in most species by amino acids with similar size and/or chemical properties (Table 2 and Supplementary Figure S3).
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FIGURE 2. Surface residues in the OTC and whose replacements cause OTC deficiency. Disease causing mutations in the OTC gene were mapped to 3-dimensional structures of the human OTC (1OTH); 14 surface residues whose replacements cause OTC deficiency are shown in magenta. OTC monomers are shown in different shades of gray.



TABLE 2. Conservation of OTC surface residues whose replacements do not destabilize mutant protein and cause OTC deficiency.

[image: Table 2]Conservation of surface amino acids in CPS1 and OTC that are mutated in patients with urea cycle deficiency suggests potential importance of these residues for the functioning of the urea cycle. It is possible that mutations of the surface residues that are predicted to have little effect on stability of the mutant proteins and are located far from the catalytic and substrate binding sites can cause disease by disrupting protein-protein interactions between CPS1 and OTC. Another possibility is that mutations of positively charged surface amino acids could disrupt interactions between CPS1, OTC and phospholipids such as cardiolipin that are enriched in the IMM. These two possibilities are not mutually exclusive and it is possible that some of mutations of surface amino acids primarily disrupt protein-protein interactions while others primarily disrupt protein-lipid interactions. Post-translational modifications of CPS1 and OTC lysine residues could disrupt their interactions either with each other or with phospholipids of the IMM. We note that CPS1 K280, and OTC K80 and K289, whose replacements could cause disease by disrupting the channeling of urea cycle intermediates, can be succinylated and/or glutarylated in human or mouse livers (Park et al., 2013; Tan et al., 2014). Removal of succinyl and glutaryl groups from lysine residues of CPS1 and OTC by SIRT5 (Du et al., 2011) could be a protective mechanism that ensures efficient ureagenesis, since SIRT5 deficient mice experience hyperammonemia (Nakagawa et al., 2009).

Recently, the three-dimensional structure 6UEL of human CPS1 liganded with an inhibitor intended for treatment of cancers became available (Yao et al., 2020). So, we used the 6UEL structure to repeat our analysis (Supplementary Figure S1). Of the 42 residues affected by mutations in patients with CPS1 deficiency and with relative SASA greater than 25% in 6UEL, 39 were identified as surface residues by our analysis of the 5DOT and 5DOU structures. The M729, S1203, and D1205 are mutated in patients with CPS1 deficiency, and their relative SASA is greater than 25% in the 6UEL structure. However, the biological significance of this result is unclear since 6UEL structure represents inactive form of CPS1 liganded with the H3B-193 inhibitor of CPS1 enzymatic activity (Yao et al., 2020). Therefore, solvent exposure of the M792, S1203, and D1205 residues in the 6UEL structure could well be a result of an inactive conformation induced by the CPS1 inhibitor.



Protein-Protein Interactions Between NAGS, CPS1, and OTC in the Liver Mitochondria

While tight channeling of urea cycle intermediates (Tuchman, 1989; Cohen et al., 1992) suggests interactions between mitochondrial urea cycle proteins, large differences in the abundance of the three urea cycle enzymes in the mitochondria (Raijman, 1976; Cohen et al., 1982; Sonoda and Tatibana, 1983; Wang D. et al., 2019) would preclude formation of a NAGS-CPS1-OTC complex with a fixed stoichiometry. Protein clustering is a newly discovered phenomenon that can explain interactions among enzymes of highly disparate abundance that do not catalyze consecutive reactions of a metabolic pathway (An et al., 2008; Chan et al., 2015; French et al., 2016; Subramanian et al., 2019). With vastly different levels of NAGS, CPS1, and OTC proteins, we used co-immunoprecipitation to qualitatively examine if any interaction can be observed between NAGS, CPS1, and OTC. Proteins were immunoprecipitated using the protein-specific antibody, while non-specific antibody was used as a negative control. Purified recombinant NAGS (Figure 3A) and total liver proteins (Figure 3B) were used as positive controls for NAGS and CPS1, respectively. Anti-CPS1 antibody co-immunoprecipitated NAGS (Figure 3A), and conversely anti-NAGS antibody co-immunoprecipitated CPS1 (Figure 3B). Further, NAGS and CPS1 were both co-immunoprecipitated with the anti-OTC antibody (Figures 3A,B). While CPS1 co-immunoprecipitation showed partial non-specificity/degradation of CPS1, co-immunoprecipitation of the right sized band was significantly greater than the negative controls (Figure 3—line profiles). Co-immunoprecipitation of OTC, NAGS, and CPS1 enzymes with each other offered direct evidence in support of the ability these urea cycle enzymes to interact with each other in the liver mitochondria. With the presence of mitochondrial membrane vesicles in the lysates, these co-immunoprecipitations could also have been enhanced due to the interactions of surface residues of these proteins with the IMM.
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FIGURE 3. Co-immunoprecipitation of NAGS, CPSI, and OTC from the mouse liver. Anti-NAGS (IP NAGS lane), anti-CPSI (IP CPSI lane), and anti-OTC (IP OTC lane) antibodies were used for immunoprecipitation. Non-specific IgG (Neg) was used as a negative control. The precipitated proteins were probed with antibodies against NAGS (A) and CPSI (B). Either 0.5 ng of recombinant NAGS-M and NAGS-C (panel A) or 5 μg (panel B) of liver proteins (Liver lane) were used as positive controls. Between 0.5 and 1 μg of immunoprecipitated proteins were resolved in IP NAGS, IP CPSI, and IP OTC lanes. Graphs on the right represent signal intensities of the bands representing co-immunoprecipitated proteins (colored lines) and their negative controls (gray).


In view of the ability of the urea cycle proteins to interact with each other, we next examined the protein region responsible for promoting these interactions and focused on NAGS. We hypothesized that interactions between NAGS, CPS1, and OTC are crucial for increasing the efficiency of the urea cycle. While NAGS is present in all organisms, its efficient activity is crucial for land dwelling organisms such as mammals as their survival requires highly efficient disposal of nitrogenous waste (Cohen, 1963; Mommsen and Walsh, 1989; Haskins et al., 2008). Inversion of the allosteric effect of L-arginine from inhibition to activation of NAGS in land dwelling tetrapods is a feature of NAGS that enabled efficient ureagenesis (Haskins et al., 2008). Thus, we compared mammalian NAGS proteins with NAGS from fish, amphibians and reptiles; birds lack NAGS genes (Haskins et al., 2008). Variable segments (VS) from mammalian NAGS proteins are more conserved, longer and have higher proline content than VS from fish, amphibian and reptile NAGS proteins (Table 3, Figure 4, and Supplementary Figure S4). Because proline-rich protein segments can form extended, poly-proline type II helices that mediate protein-protein interactions (Rubin et al., 2000; Kelly et al., 2001; Ball et al., 2005) we used PPIIPred prediction software (O’Brien et al., 2020) to evaluate the ability of the VS in different taxonomic groups to form such a secondary structure. Formation of poly-proline type II helices by VS was predicted for mammalian NAGS (Supplementary Figure S5A), but not for fish, amphibian and reptile NAGS (Supplementary Figure S5B), suggesting interaction between mammalian NAGS and CPS1 may contribute to their efficient ureagenesis. In view of the co-immunoprecipitation of NAGS with CPS1 and predicted ability of mammalian VS to form secondary structure that can mediate protein-protein interactions, we examined if the VS mediates interaction of mammalian NAGS (Caldovic et al., 2002a) with CPS1 and whether this interaction may be important for NAGS function in the mammals.


TABLE 3. Properties of vertebrate VS.
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FIGURE 4. LOGO alignments of the N-terminal portions of NAGS from 90 mammals (A) and 61 fish, amphibians and reptiles (B). NAGS is present in most vertebrates, but its efficient activity is crucial for survival of land dwelling organisms such as mammals that require highly efficient urea cycle. To examine protein sequence features associated with NAGS specialization in aquatic and land-dwelling vertebrates we compared alignments of NAGS from mammals and fish, amphibians and reptiles. There are three regions with differing degrees of conservation: N-terminal mitochondrial targeting signal, followed by VS, and conserved domain. Mammalian VS has higher proline content and greater sequence conservation than the VS from fish, amphibians and reptiles. Prolines are shown in magenta. Tan, mitochondrial targeting sequence; Yellow/lime green, variable segment (VS); Blue, conserved domain.


To assess whether mammalian VS mediates NAGS-CPS1 interactions, we purified recombinant mouse variable segment (mVS) and examined its ability to compete with the endogenous NAGS for binding to CPS1. Two peptides with identical amino acid compositions as mVS, but with altered amino acid sequence: reverse mouse variable segment (revVS) and a shuffled mouse variable segment (shVS) polypeptide were controls for sequence specificity of the interaction (Figure 5A). Recombinant mVS, revVS, and shVS, tagged with poly-histidine at the N-terminus, were overexpressed in E. coli and purified using nickel affinity chromatography. Purified mVS, revVS, and shVS migrated as 9.5 kDa bands, which are in close agreement with their predicted molecular weight of 9.675 kDa (Figure 5B). Mass spectrometry peptide fingerprinting and peptide sequencing of purified mVS, revVS and shVS were used to confirm their sequences (Supplementary Figure S6 and Supplementary File S6). Recombinant mVS, revVS or shVS were added to liver mitochondrial lysate followed by co-immunoprecipitation using the anti-CPS1 antibody and probed with the anti-NAGS antibody. Total liver protein was used as positive control for immunoblotting. Separate co-immunoprecipitations were performed using non-specific IgG antibodies, revVS (IP CPS1+revVS) or shVS (IP CPS1+shVS). Addition of recombinant mVS, but not of revVS nor shVS, prevented mNAGS binding to CPS1, causing a fivefold decrease in the amount of mNAGS that co-immunoprecipitated with the CPS1 in the presence of mVS (Figure 5C).
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FIGURE 5. Competition between NAGS and mouse variable segment (mVS) for co-IP with CPSI. Recombinant mVS was overexpressed and purified from E. coli. (A) Amino acid sequences of recombinant mouse variable segment (mVS), reversed (revVS) and shuffled (shVS) variable segments. Amino acids from the C-terminal half of mVS (bold and underlined typeface) were interdigitated with amino acids from the N-terminal half to create shVS. (B) Purification of mVS, rVS and shVS. Lanes 1, 6 and 11—flow trough. Lanes 2, 7 and 12—wash with 50 mM imidazole. Lanes 3, 8 and 13—elution with 125 mM imidazole. Lanes 4, 9, and 14—elution with 250 mM imidazole. Lanes 5, 10 and 15—elution with 500 mM imidazole. (C) Anti-CPSI antibodies were used for immunoprecipitation of mitochondrial proteins. The precipitated proteins were probed with anti-mNAGS antibodies. Precipitation with non-specific antibodies (Neg), revVS (IP CPSI+revVS) and shVS (IP CPSI+shVS) were negative controls. Total liver proteins (Liver) were positive control.


Immunoprecipitation experiments suggest stable interaction between NAGS, CPS1, and OTC. The CPS1 monomer and OTC trimer, which are the active forms of these two enzymes, are present in approximately a 10:1 molar ratio in the liver mitochondria (Raijman, 1976; Cohen et al., 1982; Wang D. et al., 2019), while NAGS is approximately one thousand times less abundant than CPS1 (Sonoda and Tatibana, 1983; Wang D. et al., 2019). These differences in abundance of NAGS, CPS1, and OTC combined with their co-immunoprecipitation provide direct evidence in support of clustering of these urea cycle enzymes. It is possible that the NAGS is tethered to one molecule of CPS1 via VS and provides NAG to a number of neighboring CPS1 molecules. Another possibility is a dynamic interaction between NAGS, CPS1, and OTC may result in more than one complex of the three proteins. Clustering of NAGS, CPS1, and OTC during active catalysis of NAG, carbamylphosphate and citrulline formation could provide explanation for simultaneous stable interactions between three proteins and dynamic interaction between stoichiometrically disparate NAGS and CPS1 molecules.



Distribution of NAGS, CPS1, and OTC in Liver Mitochondria

While the above studies identify interaction between the urea cycle enzymes, they do not identify the location in the mitochondria where these interactions occur. Earlier fractionation studies found that CPS1 and OTC exist both in the mitochondrial matrix with a significant fraction loosely attached to the IMM (Powers-Lee et al., 1987). Thus, we used CPS1 and OTC as positive controls to examine NAGS distribution in the soluble and membrane-associated fractions of rat liver mitochondria. Glucose related protein 75 (Grp75), subunit IV of the cytochrome c oxidase (Cox IV), and voltage–dependent anion channel (VDAC) were used as markers of the soluble matrix, inner and outer mitochondrial membranes, respectively (Da Cruz et al., 2003; Rardin et al., 2008, 2009). These proteins confirmed the purity of the mitochondrial fractions (lanes 2 and 6 in Figure 6). The fraction of NAGS that partitioned with the membrane was 36 ± 19% (mean ± SEM, n = 3; lane 2 in Figure 6), while 63 ± 19% of NAGS was in the soluble fraction (lane 6 in Figure 6).
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FIGURE 6. Distribution of NAGS, CPSI, and OTC in the liver mitochondria. Increasing amounts of TritonX-100 were added to mitochondrial membrane vesicles; proteins associated with the membrane (pellet) were separated from the soluble proteins (supernatant) and probed with the anti-NAGS, anti-CPSI, anti-OTC, anti-CoxIV, anti-Grp75, and anti-VDAC. 30 μg of liver mitochondrial proteins were used as positive control for NAGS and 2 μg of mitochondrial proteins was used as positive control for OTC, CPSI, COXIV, Grp75, and VDAC. Lane 1—liver mitochondrial proteins, lanes 2 and 6—0% TritonX-100, lanes 3 and 7—0.1% TritonX-100, lanes 4 and 8—0.5%, TitonX-100, lanes 5 and 9—1% TritonX-100.


The addition of 0.1% Triton X-100 reduced the membrane-associated fraction of NAGS to 6 ± 2% (lane 3 in Figure 6). Increasing detergent concentrations, which dissociates more tightly bound proteins from membranes, did not increase solubilization of NAGS. Addition of Triton X-100 did not result in solubilization of Cox IV and VDAC (lanes 3–5 in Figure 6), while Grp75 remained soluble under the same experimental conditions (lanes 7–9 in Figure 6). Similar to our results with NAGS, and consistent with previous studies (Powers-Lee et al., 1987), 35 ± 5% of CPS1 and 30 ± 3% of OTC were associated with the IMM (Figure 6). Again, similar to NAGS, even at the highest detergent concentrations, CPS1 and OTC enzymes did not completely dissociate from the membranes. This suggests that part of the NAGS, OTC and CPS1 protein complex in the mitochondrial membrane exists in a detergent (0.1% Triton X-100)-resistant compartment. To further confirm that membrane association of these enzymes is not an artifact of the disruption of mitochondrial membranes by freezing and thawing, we carried out mitochondrial fractionation after solubilization of outer mitochondrial membrane with digitonin. This independently confirmed the distribution of NAGS, CPS1, and OTC at the IMM and in the matrix (Supplementary Figure S7).

The above biochemical studies established that of NAGS, CPS1, and OTC partition between IMM and mitochondrial matrix, which perhaps regulates the reserve capacity for ureagenesis in the matrix. These results suggest that of the two extreme cases outlined in Figure 7A—freely diffusing in the matrix (left) or clustered and bound to the IMM (right), the urea cycle enzymes may exist in the latter (clustered) state. To directly visualize the localization of the urea cycle enzymes in situ and assess if they are present in a diffused or clustered state, we used gated Stimulated Emission Depletion (gSTED) super-resolution microscopy to monitor nanoscale localization of NAGS, CPS1, and OTC in primary mouse hepatocytes. If these urea cycle enzymes are uniformly distributed in the mitochondrial matrix, then we would expect lack of any co-localized protein clusters (Figure 7A, left), whereas interactions of the three proteins with each other at the IMM would result in observation of NAGS, CPS1, and OTC enzyme clusters (Figure 7A, right). Confocal microscopy established the mitochondrial localization of the urea cycle enzymes (Figure 7B). Use of gSTED microscopy identified that, in addition to some diffuse localization in the mitochondrial matrix, these enzymes are all detectable in clusters away from the mitochondrial matrix. These clusters were 100–150 nm in size, and thus small enough to be below the resolution limit of confocal microscopy (Figures 7C–G). By co-immunostaining we observed that these clusters were not formed by individual proteins, but contained multiple urea cycle enzymes—NAGS and OTC (Figures 7H,I), and NAGS and CPS1 (Figures 7J,K). These in situ results support the interaction observed between NAGS, CPS1, and OTC by our biochemical co-localization studies. While some NAGS and OTC co-clustered, as indicated by overlapping fluorescence peaks for green (NAGS) and red (OTC) pixels (Figure 7I), we did observe OTC, NAGS, and CPS1 clusters that did not co-localize (Figures 7H–K). We observed that such independent clusters were greater for the abundant urea cycle enzyme, CPS1 (Figures 7J,K). Thus, the in situ super-resolution visualization approach identified that, while a proportion of the more abundant urea cycle enzymes (OTC, CPS1) co-localize with NAGS clusters, these proteins can also exist in independent clusters (red only peaks in Figures 7I,K), and can be detected more diffusely along the IMM or in the mitochondrial matrix (Figures 7H,J). NAGS, the less abundant and potentially regulatory urea cycle protein, was only detected in co-clusters with CPS1/OTC, as indicated by the spatial overlap of green (NAGS) with the red (CPS1/OTC) peaks in Figures 7I,K.
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FIGURE 7. Use of super-resolution microscopy to determine in situ nanoscale organization of urea cycle enzymes. (A) Schematic representing the possible distribution of urea cycle enzymes in the mitochondria. (B) Confocal images showing localization of CPS1 and the mitochondrial protein TOM20 labeled with Alexa Fluor 532 and Alexa Fluor 647, respectively. (C) Confocal and (D,F,G) gSTED images showing individual mitochondria in mouse hepatocytes immuno-stained for (C,D) CPS1, (F) OTC, (G) NAGS, (H) OTC (Alexa Fluor 647) and NAGS (Alexa Fluor 532), (J) CPS1 (Alexa Fluor 647) and NAGS (Alexa Fluor 532). Single labeling in images (C,D,F,G) was done with Alexa Fluor 647. (E,I,K) Normalized pixel intensity plot for the dotted lines marked in the corresponding confocal or STED images.


Our co-immunoprecipitation and super resolution microscopy data demonstrate that NAGS, CPS1 and OTC interact with each other and are present in a cluster along the IMM. While co-immunoprecipitation of the three proteins suggests stable interactions, the large difference in their abundance (Raijman, 1976; Cohen et al., 1982; Sonoda and Tatibana, 1983; Wang D. et al., 2019) raises questions regarding stoichiometry of such a complex. Our data, taken together with large differences in abundance of NAGS, CPS1, and OTC, are consistent with on-demand clustering of the three proteins at the IMM, similar to enzymes for biosynthesis of coenzyme Q and purines (An et al., 2008; Chan et al., 2015; French et al., 2016; Subramanian et al., 2019). Enzyme clustering provides metabolic advantages without the need for evolution of complimentary protein-protein interfaces (Sweetlove and Fernie, 2018). Theoretical modeling and experiments with engineered proteins in E. coli show that clustering of enzymes that catalyze consecutive reactions of a metabolic pathway can increase flux through the pathway by 100-fold; this is achieved through increased local concentrations of enzymes and metabolites in the cluster (Castellana et al., 2014). Another advantage of enzyme clusters is protection of unstable, highly reactive metabolites, such as carbamyl phosphate, from hydrolyzing or reacting with other metabolites or surface residues of proteins (Sweetlove and Fernie, 2018). The identity of surface amino acids could be important for their ability to cluster. We identified replacements of highly conserved CPS1 and OTC surface residues that may disrupt their on-demand clustering and effective catalysis of citrulline formation, which would result in accumulation of ammonia. This is similar to disease-causing mutations at the surface of adenylosuccinate lyase that disrupt formation of purinosome, a cluster of enzymes in de novo purine synthesis (Baresova et al., 2012).

The mitochondrial space appears to be organized into sub-compartments containing enzymes of different metabolic pathways. Enzymes in the Krebs’ cycle, electron transport, and fatty acid oxidation pathways form multiprotein complexes (Sumegi and Srere, 1984; Robinson and Srere, 1985; Robinson et al., 1987; Velot et al., 1997; Wu and Minteer, 2015; Bulutoglu et al., 2016; Liang et al., 2018; Wang Y. et al., 2019; Xia et al., 2019). Similarly, mitochondrial urea cycle enzymes appear to form clusters that can accommodate large differences in the abundance of NAGS, CPS1, and OTC. Biochemical characterization of the interactions between NAGS, CPS1, and OTC is needed to establish the driving force for their clustering. This driving force could be electrostatic, hydrophobic, or both and may require presence of the IMM phospholipids. Additional super resolution imaging will provide information about on-demand organization of the NAGS-CPS1-OTC cluster and determine its spatial relationship to other urea cycle enzymes and with other mitochondrial metabolic pathways. This is important because production of each urea molecule consumes three ATP molecules and efficient ureagenesis may rely on the proximity of CPS1 and protein complexes of the ATP producing pathways. An understanding of the driving force for clustering of NAGS, CPS1, and OTC will enable development of new treatments designed to promote and stabilize their interactions when one of the enzymes is defective.
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Gene Primer sequence (5'-3') Size (bp) Temperature (°C)

TWNK-exon 1 F-GGGAGGGAGAAGGGAGAGCAT 1,594 56
R-GAAATGAGTGCAGTGGCGACGGT

TWNK-intron 1,2 F-CCATCGTCTCCTTCCGACAG 1,021 58
R-GTTCCTACACCAGCCAGGAC

TWNK-exon 2,3 F-TCGCCACTGCACTCATTTCC 1,271 64
R-CAACTCATGCCGTGTCCCAC

TWNK-intron 3,4 F-TGTTCTCCTTCCGTGTGCTG 1,456 58
R-CCTCTCCCACTCCTCTCACA

TWNK-exon 4,5 F-GCCACATCACGCTGGTCATC 1,001 60

R-AAACAGGATGGGGCCAAAAG
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Gene Primer sequence (5'-3’) Size (bp) Temperature (°C)

TWNK F-TGACCTTCCATGGCCAACAG 168 56
R-AGGCTCCGACGATGAAATCC

B-actin F-GATATTGCTGCGCTCGTTG 178 56
R-TTCAGGGTCAGGATACCTCTTT

tRNA-Leu F-GCTCGGCAAATGCAAAAGG 50 56
R-AGGATTTGAACCTCTGGATAAAGGG

rRNA-16S F-TGCGTCAAAGCTCCCTCATT 128 56
R-ACGCCGTAGGAGGATAGGTT

p2m F-TCCTTCAACGACGACTGGAC 132 56

R-CCGTACCCCACTTGTAGACC
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R-TCAGGGCCGGGCGTCGGGACCCCG CGGTGCCGCAG
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Key features

Interacts with endosomal
‘growth factor and reguiates

‘endodomal traffcking (Mizuno
etal, 2005; Row et a. 2006).

Infibits proteasome and
autophagy (Lee et al, 2010;
Kimetal, 2018)

Decty nferacts with Parkin
and nfuence the wbiquitnation
(Durcan and Fon, 2011; Durcan
etal, 2011)

Inhibits mitophagy by
antagonizing Parkin (8ol
etal, 2014)

Inhiits mitophagy by
antagorizing Parkin
(Cornalissen et a, 2014

Reguiates chaperon mediated
autophagy and proteasome
activity (Kabuta et al., 2008)

Involvedin cancer and
Autoimemune disorders.
Reverssly corelated to
‘mon-ubiquitinated a-Synuciein
levels (Rott et al., 2011)
Negative reguiator of
autophagy (Mayer ot al. 2020)

Link to PD

Reguates Parkin activation
(Durcan etal, 2014). Ihibition or
‘downregulation protects against
PD phenotypes in Drosophia.
‘modsl (Nexopoulou et al., 2016;
von Stockum etal, 2019)
Infibition leads to enhanced
mitophagy and protect against PD
phenatype in Drosophia modes.
(Chakraborty et al, 2018}

Might expiain some of the PO
related phenotypes in
Machado-Joseph disease
(Durcan etal, 2012).

Knockdown protects against PD
‘phenotype in Drosophia model
(Bingol etal 2014).
Downreguiation protects against
PD phenotype in Parkin ANAI
Drosophia model (Corneiissen
etal, 2018)

Mutant form of the protein
protects against PD progressionin
MPTP induced mice model
(Carmine Belin et al., 2007; Xiour
etal, 2012).

Yet to be identiied.

Reguates neurite growth in
‘dopaminergic cels (L et al., 2006).
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Description

tRNA processing
GO:0006396 RNA processing
— G0O:0034660 ncRNA metabolic process

— GO:0006399tRNA metabolic process

— GO:0009451RNA modification

— G0:0034470 ncRNA processing

— GO:0008033tRNA processing
Ribosome biogenesis
G0:0022613 Ribonucleoprotein complex biogenesis
— G0:0042254 Ribosome biogenesis

— G0:0006364 rRNA processing
RNA surveillance and catabolism
GO:0071025 RNA surveillance
— GO:0071027 Nuclear RNA surveillance

— G0:0071028 Nuclear mRNA surveillance

— G0:0034475 U4 snRNA 3'-end processing

— G0O:0016075 rRNA catabolic process
Drug metabolism
G0:0042737 Drug catabolic process
Visual perception
GO:0007601 Visual perception
— GO:0050953 Sensory perception of light stimulus

Measured (n)
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88
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73

239
162

@© 0 0 ©

i
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85

83
88

Changed (n)

106 (Cm =15, Cn =91)
88 (Cm =30, Cn = 58)
44 (Cm=22,Cn =22)
32 (Cm =9, Cn=23)
72 (Cm =14, Cn =58)
27 Cm=7,Cn=20)

69 (Cm = 14, Cn = 55)
60 (Cm = 14, Cn = 46)
43 (Cm =6, Cn =37)

31 (Cm =2, Cn =29)
31 (Cm =2, Cn=29)

Fold Enrichment

1.62
2.06
2.27
2.21
2.22
225

1.76
2.25
2.49

6.09
6.09
6.09
6.09
4.98

2.36

2.27
2.14

FDR

2.4E-02
5.2E-06
1.4E-03
2.6E-04
4.3E-06
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2.3E-02
3.4E-02
3.6E-02
3.2E-02
3.6E-02

1.1E-02

2.3E-02
3.5E-02

GO terms biological process with FDR < 0.05 were considered to be significantly changed. Cm are changed genes that are linked to mitochondria; Cn are changed

genes linked to the nucleus; FDR is false discovery rate.





OPS/images/fcell-08-00381/fcell-08-00381-t002.jpg
Description

G0O:0007005 mitochondrion organization

GO:0007007 inner mitochondrial membrane organization
GO:0007008 outer mitochondrial membrane organization
GO:0006390 mitochondrial transcription

G0:0032543 mitochondrial translation

G0:0006626 protein targeting to mitochondrion

G0:0070585 protein localization to mitochondrion
G0O:0042775 mitochondrial ATP synthesis coupled electron transport
GO:0006119 oxidative phosphorylation

G0O:0033108 mitochondrial respiratory chain complex assembly
GO:0015986 ATP synthesis coupled proton transport
G0O:0006979 response to oxidative stress

GO:0006839 mitochondrial transport

G0O:1990542 mitochondrial transmembrane transport
G0O:0008053 mitochondrial fusion

G0O:0000266 mitochondrial fission

G0:0000422 autophagy of mitochondrion

G0O:0000002 mitochondrial genome maintenance

G0O:0009117 nucleotide metabolic process (DNA replication)

The false discovery rate (FDR) was > 0.0.5 for all processes.
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Traits GG GA

Body weight 1,808.46 + 39.05° 1,803.56 + 19.59°
Daily gain 20.45 + 0.76° 28.671 + 0.38°
Pectoralis weight 101.50 + 2.56° 103.01 + 1.28°
Crureus weight 213.61 + 5.40° 210.40 £ 2.70°
Abdominal fat weight 59.49 + 3.68° 54.23 + 1.84P

AA

1,629.07 + 26.282
25.61 £0.514
92.07 £ 1.722
188.98 + 3.637
46.23 £2.47¢

p-value

3.64E-7
2.13E-6
2.53E-6
3.85E-6
0.005

Within a line, the values that do not share a common superscript letter are significantly different.
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Immune-related genes more highly expressed in 4T1 than 4T1p0 cells and following mitochondrial acquisition

4T1 vs 4T1p0 p-value 4T1 vs 4T1p0SC p-value

Gene Description Function Log,FC + SE | adjusted Log,FC + SE | adjusted
Ccl2* C-C motif chemokine 2 Attracts monocytes 9.9 +1.7 1.4E-07 0.5 +0.7 3.2E-01
Psmb8* Proteasome subunit beta type-8 Srporzzzslzst;n]t;%z;:agtzrr]yeit;)I:L}:;] bR FERUCEs: 8.1+1.6 8.2E-06 0.4 +0.6 3.8E-01
Sumo3* Small ubiquitin-like modifier 3 Prevents a noncanonical type | interferon response 7.2+13 5.5E-07 -0.1+0.4 8.9E-01
Ptpn18* Protein tyrosine phosphatase, non-receptor type 18 |  Suppressor of innate inflammatory and immune responses 6.2+1.4 7.6E-05 0.6 + 0.5 2.0E-01
Cxcl10* C-X-C motif chemokine 10 Proinflammatory, T cell effector function and development| 6.1 + 1.8 7.2E-04 284+1.5 6.2E-03
SmpdI3b* sphingomyelin phosphodiesterase, acid-like 3B On surface of macrophage and dendritic cells 6.1+1.5 1.6E-04 1.0+0.7 6.6E-02
Glipr2* GLI pathogenesis related 2 Enhances Type 1 interferon signaling pathway 55+1.6 7.1E-04 0.5 +0.5 2.6E-01
Ccl5** C-C motif chemokine 5 Attracts monocytes, memory Thelper cells and eosinophils 4.8 +0.7 9.0E-09 2.4 +0.7 1.3E-04
Gng11** Guanine nucleotide binding protein Stimulates transcription of CCR5 pathway in macrophage 4.5+09 3.2E-06 1.3+0.7 13E-02
Psmb9** Proteasome subunit beta type-9 Processes antigen to generate MHC1 binding peptides 42+1.8 3.0E-03 0.6 +0.6 1.9E-01
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** Low expression in 4T1p0
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(a) Derivation of cell lines used to investigate intercellular mitochondrial transfer
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Functional Implications of Mitochondrial Network Design
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Functional Implications of Individual Mitochondrial Design
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Functional Implications of Mitochondrial Ultrastructure Design
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Clinical presentation/disease and MCF member
associated

Sideroblastic anemia: SLC25A38 OMIM 205950 (Guernsey
et al., 2009; Harigae and Furuyama, 2010; Horvathova et al.,
2010)

Lactic acidosis: SLC25A4 (Bakker et al., 1993; Palmieri et al.,
2005; Thompson et al., 2016); SLC25A26 OMIM 616794
(Kishita et al., 2015); SLC25A42 (Almannai et al., 2018)
Citrullinemia: SLC25A13 OMIM 603471 and 605814
(Kobayashi et al., 1999; Yasuda et al., 2000; Ohura et al., 2001;
Tazawa et al., 2001; Fiermonte et al., 2008)

Hydroxyglutaric aciduria: SLC25A1 OMIM 615182 (Muntau
et al., 2000; Edvardson et al., 2013; Nota et al., 2013)
Hyperornithinemia-Hyperammonemia-Homocitrullinuria
(HHH) Syndrome: SLC25A15 OMIM 603861 (Camacho et al.,
1999; Tsujino et al., 2000; Miyamoto et al., 2001; Salvi et al.,
2001; Debray et al., 2008; Tessa et al., 2009)

Hypoglycemia, Hyperammonemia: SLC25A20 OMIM
212138 (Stanley et al., 1992; Pande et al., 1993; lacobazzi

et al., 2004)

Congenital Hyperinsulinism: SLC25A8 (Gonzalez-Barroso
et al., 2008; Ferrara et al., 2017)

Hypertriglyceridemia: linkage to SLC25A40 (Rosenthal et al.,
2013)

Exercise intolerance: SLC25A32 OMIM 616839 (Schiff et al.,
2016; Hellebrekers et al., 2017)

Hypertrophic cardiomyopathy: SLC25A4 OMIM 615418
(Palmieri et al., 2005; Echaniz-Laguna et al., 2012;
Korver-Keularts et al., 2015), OMIM 617184 (Thompson et al.,
2016); SLC25A3 OMIM 610773 (Mayr et al., 2007; Bhoj et al.,
2015); SLC25A20 OMIM 212138 (Stanley et al., 1992; Pande
et al., 1993; Huizing et al., 1998; lacobazzi et al., 2004; Nakase
et al., 2007; Van De Parre et al., 2008; Dong et al., 2011, 2015)

Respiratory insufficiency: SLC25A26 OMIM 616794 (Kishita
et al., 2015)

Myopathy and Muscular atrophy-like disease: SLC25A4
OMIM 615418 (Bakker et al., 1993; Palmieri et al., 2005;
Echaniz-Laguna et al., 2012; Korver-Keularts et al., 2015),
OMIM 617184 (Thompson et al., 2016); SLC25A3 OMIM
610773 (Mayr et al., 2007); SLC25A26 OMIM 616794 (Kishita
et al., 2015); SLC25A32 (Hellebrekers et al., 2017); SLC25A21
(Boczonadi et al., 2018); SLC25A42 OMIM 610823
(Shamseldin et al., 2016; Almannai et al., 2018)

Progressive External Ophthalmoplegia: SLC25A4 OMIM
609283 (Kaukonen et al., 2000; Napoli et al., 2001; Lamantea
et al., 2002)

Epileptic encephalopathy: SLC25A12 OMIM 612949
(Wibom et al., 2009; Falk et al., 2014); SLC25A22 OMIM
609304 (Molinari et al., 2005; Molinari et al., 2009; Poduri et al.,
2013); SLC25A42 (Almannai et al., 2018)

Microcephaly and Neural Tube closure defects: SLC25A19
OMIM 607196 (Rosenberg et al., 2002; Lindhurst et al., 2006)
Neuropathy: Progressive polyneuropathy — SLC25A19 OMIM
613710 (Spiegel et al., 2009); Charcot-Marie-Tooth Disease —
SLC25A46 OMIM 616505 (Abrams et al., 2015; Charlesworth
et al., 2016; Janer et al., 2016; Wan et al., 2016)

Ataxia, Myoclonus, dysarthria: SLC25A32 (Hellebrekers

et al., 2017)

Cholestatic jaundice: SLC25A13 OMIM 605814 (Ohura et al.,
2001; Tazawa et al., 2001; Tamamori et al., 2002)

Hepatic Steatosis: SLC25A13 OMIM 603471 (Komatsu et al.,
2008)
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General Progeroid syndrome: SLC25A24 OMIM 612289 (Ehmke
et al., 2017; Writzl et al., 2017)
Fingernail dysplasia: SLC25A16 OMIM 139080 (Khan et al.,
2018)
Familial Synpolydactyly: SLC25A21 (Meyertholen et al.,
2012)
Predisposition to Metastatic paragangliomas: SLC25A11
(Buffet et al., 2018)
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Mammals Fish, Amphibians, and Reptiles

VS length 37-64 31-40
VS proline content 17.4-32.3% 2.3-11.1%
VS sequence identity 24-84% 34-60%
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Residue ID Conservation score? Amino acids in OTC from other species
Mammals Birds Reptiles Amphibians Fish Invertebrates
D41 66 D/H D D D/N H/S D/H/N/T
N47 52 D/N/T N N D/N/H D/A D/G/H/N/Y
G50 40 G/E/A G/ATN AP A G/A/S/P G/NE/K/P/Q/R/S
E52 98 E/D E E/D E/D E E/D
K80 99 K K K K K K/R/H
T125 68 TN/M/R/K I/R M/S K/Q/R T/A/G/V/K/R I/L/K/R/N/Q/S/Y/P
D136 81 D N D D D D
D165 91 D/E D/N D D D/E D/E
E181 99 E E E E E E/D
K210 97 K K/Q K/R K K K/R/P
D249 91 D/E/N D D/N/NV D/E D/EN D/N
K289 50 K K/Q E/Q K/Q K/E/Q/N K/E/N
E297 72 D/N N/D D/G D/N D/N/G D/E/N/H/R
R320 74 R/K/Q R/Q K/Q R/K R/H/L R/K/H/N/Q/E

aConservation scores were determined as percent of 270 OTC homologs that have the same amino acid as human protein at that position.
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Residue ID Conservation score? Amino acids in CPS1 and CPS3 from other species

Mammals Birds Reptiles Amphibians Fish Invertebrates
A43 89 A AN/M A A AT/G AT/S/P
R233 100 R R R R R R
K280 97 K K K K K/N/Q K/Q/E/T
D358 100 D D D D D D
G401 87 G/E/K/IA/N/P G/E/K G/E G G/E/Q/W G/K
K450 99 K/F K K K K K
R721 100 R R R R R R
H1045 42 H/Q Q Q Q H/Q/R/E H/Q/E/S
Q1059 100 Q Q Q Q Q Q
R1089 100 R R R R R R
A1155 100 A A A A A A
R1228 69 (90°) R/W/Q R/K/E R/K K R/W/H/Q/C R/K/Q/A
R1262 100 R R R R R R
D1274 100 D D D D D D

aConservation scores were determined as percent of 233 CPS1 and CPS3 homologs that have the same amino acid as human CPS1 at that position.
bConservation of positively charged amino acids, R or K, in this position.
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SLC name

SLC25A1

SLC25A2

SLC25A3
SLC25A4
SLC25A5
SLC25A5P1
SLC25A6
SLC25A6P1
SLC25A7
SLC25A8

SLC25A9
SLC25A10

SLC25A11
SLC25A12
SLC25A13
SLC25A14
SLC25A15

SLC25A15P1
SLC25A16
SLC25A17

SLC25A18
SLC25A19

SLC25A20
SLC25A20P1
SLC25A21
SLC25A22
SLC25A23

SLC25A24

SLC25A25

SLC25A26

SLC25A27
SLC25A28
SLC25A29
SLC25A30

SLC25A31
SLC25A32
SLC25A33
SLC25A34
SLC25A35
SLC25A36
SLC25A37
SLC25A38

Human protein name

CIC (citrate carier)
ORG2 (omithine carrier 2)

PHC (phosphate carrier)

ANT1 (adenine nucleotide translocase-1)
ANT2 (adenine nucleotide translocase-2)
Pseudogene

ANT3 (adenine nucleotide translocase-3)
Pseudogene

UCP1 (uncoupling protein 1)

UCP2 (uncoupling protein 2)

UGP3 (uncoupling protein 3)
DIC (dicarboxylate carrier)

OGC (oxoglutarate carrier)

AGC1 (aspartate/glutamate carrier 1)
AGC2 (aspartate/glutamate carier 2)
UGPS (uncoupling protein 5)

ORC1 (omnithine carrier 1)

Pseudogene
GDC (Graves’ disease carrier)
Peroxisomal membrane protein PMP34

GO2 (glutamate carrier 2)
DNG (deoxynucieotide carrier)®

CAG (carnitine/acylcarnitine carier)
Pseudogene

ODC (oxoadipate carrier)

GO (glutamate carrier 1)

Calcium-binding mitochondrial carrier protein
SCaMC-3

Calcium-binding mitochondrial carrier protein
SCaMG-1

Calcium-binding mitochondrial carrier protein
SCaMG-2

S-adenosylmethionine mitochondrial carrier
protein (SAMC)

UGP4 (uncoupling protein 4)

Mitoferrin 2 (Mfrn2)

ORNT3

Kidney mitochondrial carrier protein 1 or UCP6
(uncoupling protein )

AAC4, ANT4 (adenine nucleotide carrier 4)
MFT

PNC1 (pyrimidine nucleotide carrier 1)

PNC2 (pyrimidine nucleotide carrier 2)
Mitoferrin 1 (Mfrn1)

Substrates

Citrate, isocitrate, malate,
phosphoenolpyruvate (PEP)
orithine, citruline, ysine,
arginine, histidine
Phosphate, Cu*+
ADP, ATP
ADP, ATP

ADP, ATP

M
four-carbon metabolites (C4)*
M+

H*

Malate, phosphate, succinate,
sulfate, thiosulphate
2-oxoglutarate, malate
Aspartate, glutamate
Aspartate, glutamate
Orphan
Ornithine, citruline, lysine,
arginine

Orphan
GoA, FAD, NAD+, AMP, ADP,
PAP, dPCoA, FMN
Glutamate
thiamine pyrophosphate,
thiamine monophosphate,
(deoxy)nucleotides
Carnitine, acylcarnitine

Oxoadipate, oxoglutarate
Glutamate
ATP-Mg2*, ATP, ADP, AMP, Pi

ATP-Mg?*, ATP, ADP, AMP, Pi
ATP-Mg2+ @

S-adenosyl-methionine,
S-adenosyl-homocysteine
Orphan
Fe?+
Ornithine, acylcarnitine
Orphan

ADP, ATP
Folate
utP
Orphan
Orphan
Pyrimidine nucleotides
Fe2+
Glycine

Yeast orthologs®

CTP1
ORT1

MIR1, PIC2
AAC3, AACT, AAC2
AAC3, AAC1, AAC2

AAC3, AACT, AAC2

DIC1

DIC1
AGC1
AGC1

DIC1
ORT1

LEUS, YPRO11C
ANT1

AGC1
TPC1

CRC1

0ODC1, ODC2
AGC1
SAL1

SAL1
SAL1

SAMS

MRS3, MRS4
YMC2, YMC1
DIC1

AAC2, AAC3
FLX1, YIAB, YEAS
RIM2
OAC1
OACt
RIM2
MRS4, MRS3
HEM25





OPS/images/fcell-07-00003/fcell-07-00003-t002B.jpg
SLC25A39 Orphan MTM1

SLC25A40 Orphan MTM1
SLC25A41 SCaMC-3Like ATP-Mg/PI SAL1
SLC25A42 Mitochondrial coenzyme A transporter CoA, ADP, ATP, adenosine LEUS, YPROT1C
3,5/-diphosphate, dPCoA
SLC25A43 Orphan
SLC25A44 Orphan
SLC25A45 Orphan YMC1, YMC2
SLC25A46 Orphan
SLC25A47 Orphan
SLC25A48 Orphan YMC2, YMC1
SLC25A49 Mitochondrial carrier homolog (MTCH) 1 Orphan
SLC25A50 MTCH2 Orphan
SLC25A51 Mitochondrial carier triple repeat protein Orphan
(MCART) 1
SLC25A51P1 Pseudogene
SLC25A61P2 Pseudogene
SLC25A51P3 Pseudogene
SLC25A52 MCART2 Orphan
SLC25A53 MCART6 Orphan

aThe SLC and protein names, and transported substrate(s) of each MCF member. Further information on the MCF can be found at http://slc.bioparadigms.org. More
information about orthology can be found at Alliance of Genome Resources website. °SLC25A8 is a transporter of C4 metabolites such as oxaloacetate, a function that
matches well with its close phylogenetic relationship with SLC25A10 (Vozza et al, 2014). “Contrary to its name, SLC25A19 is now recognized as a carier for thiamine

and not for (Lindhurst et al,, 2006; Kang and Samuels, 2008). °SLC25A25 has been shown very recently to transport ATP-Mg?*
(Hofherr et al,, 2018). SLC25A41 transports ATP-Mg/Pi in a calcium-independent manner (Traba et al., 2009).
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SLC Subfamily

SLCt

SLC2

SLC3

SLC4

SLCS

SLCB

SsLC7

SLcs

SLC9

SLC10

SLC25

SLC53
SLC54
SLC55
SLC56
SLC57

SLC65

Description

High-affinity glutamate and neutral amino acid
transporter family

Facilitative GLUT transporter family

Heavy subunits of the heteromeric amino acid
transporters

Bicarbonate transporter family

Sodium glucose cotransporter family

Sodium- and chioride-dependent
neurotransmitter transporter family
Cationic amino acid
transporter/glycoprotein-associated family

Nat/Ca?* exchanger family

Na*/H* exchanger famiy

Sodium bile salt cotransport family

Mitochondial carier family

Phosphate carriers
Mitochondial pyruvate carriers
Mitochondial cation/proton exchangers
Sideroflexins

Non-imprinted in Prader-Willi/Angelman
syndrome chromosome region (NiPA) -like
magnesium transporter family

MagT-ike magnesium transporter family
Sodium-dependent lysophosphatidylcholine
symporter family

Glucose transporters

Molybdate transporter family
Pyrophosphate transporters
Sphingosine-phosphate transporters
Golgi Ca2*/H* exchangers
Niemann-Pick G (NPC)-type cholesterol
transporters

Number of members

7

18 (including 4
pseudogene:
SLC2A3P1,
SLC2A3P2,
SLC2A3P4,
SLC2AXP1)
2

10 (SLC4A6 and
SLC4A7 are the same)

12

22 (1 pseudogene
SLCA10P)

15 (including 2
pseudogenes
SLC7A5P1 and
SLC7A15P)

4

18 (including 5
pseudogenes)

60 (including 7
pseudogenes)

N oo w o =

~

[ SR

Reference

Kanai and Hediger, 2003,
2004; Gegelashvili et al., 2006;
Kanai et al., 2013; Nakagawa
and Kaneko, 2013

Uldry and Thorens, 2004;
Simpson et al., 2008; Mueckler
and Thorens, 2013; Hevia
etal., 2015; Barron et al., 2016

Palacin and Kanai, 2004; Verrey
et al., 2004; Bergeron et al.,
2008; Schweikhard and Ziegler,
2012; Fotiadis et al., 2013
Alper et al., 2001, 2002;
Romero, 2005; Alper, 2006; Gill
and Boron, 2006; Pushkin and
Kurtz, 2006; Parker and Boron,
2013; Romero et al., 2013;
Aalijaer et al., 2014

Bergeron et al., 2008; Wright,
2013

Pramod et al., 2018

Palacin and Kanai, 2004; Verrey
6t al., 2004; Bergeron et al.,
2008; Schweikhard and Ziegler,
2012; Fotiadis et al., 2013
Blaustein and Lederer, 1999;
Quednau et al., 2004; DiPolo
and Beaugé, 2006;
Khananshuil, 2013

Orlowski and Grinstein, 2004;
Donowitz et al., 2013; Fuster
and Alexander, 2014; Padan
and Landau, 2016

Geyer et al., 2006; Claro da
Siva et al., 2013

Palmieri, 2004, 2013; Haitina
etal., 2006; Clémengon et al,
2013; Palmieri and Monné,
2016

@The SLC subfamily, description and numbers of members in each subfamily are shown. Further information on the SLC genes can be found at http://slc. bioparadigms.org.
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