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Editorial on the Research Topic
 Effects of Membrane Lipids on Protein Function



Eukaryotes are compartmentalized into membrane bound organelles that are separated by the cytosol, yet communication between organelles is required for cellular homeostasis and for responding to outside signals. The transfer of information between organelles occurs through multiple mechanisms. For instance, the binding of ligands to their receptors transduces signals across the membrane bilayer to activate signal transduction pathways. Information transfer also occurs through vesicular trafficking and the movement of cargo between organelles; the secretion of soluble factors into the extracellular space; and the uptake of material from outside the cell for degradation via the endolysosomal pathway. While proteins drive these pathways, the composition of the membrane can have profound effects on regulating their efficacy. Dysregulation of the mechanics that affect membrane composition can lead to a plethora of maladies (e.g., cancer) that are manifest through defective protein function. Thus, it is important to understand the how lipids fundamentally affect such pathways.

For the most part, organellar membranes are composed of amphipathic lipids that assemble into bilayers with the polar head groups facing the cytosol or extracellular environment, while the hydrophobic groups face each other to exclude water. The lipid constituents of membranes fall into three major groups classified as glycerophospholipids (GPL), sphingolipids (SL), and sterols. GPLs contain a glycerol backbone with fatty acids attached as esters at two carbons while the third hydroxyl is unmodified or linked to a head group through a phosphate ester linkage. GPLs include the bulk lipids phosphatidylcholine (PC), phosphatidylethanolamine (PE), and phosphatidylserine (PS), as well as lipids that are at low concentrations such as phosphatidic acid (PA), diacylglycerol (DAG), and phosphoinositides (PI). SLs contain a sphingoid base backbone that includes the amino alcohol sphingosine. This sphingosine backbone can be linked to a fatty acid through an amide bond. SLs include Ceramide (Cer), Sphingomyelin (SM), and glycosylated sphingolipids. The lipid composition of organelles differs widely to give each compartment a signature profile that affects the function of membrane-associated proteins.

The lipid bilayer imposes two major influences on membrane proteins. These effects can be distinguished as specific protein-lipid interactions and non-specific interactions that are influenced by the physical properties of membranes. Lipids can recruit soluble proteins that contain lipid binding domains that recognize a particular lipid species. Such domains are conserved modular protein folds including the PH (pleckstrin homology) (Harlan et al., 1994), PX (phox homology) (Xu et al., 2001) and FYVE (Fab1p, YOTB, Vac1p, and EEA1) (Gillooly et al., 2000) domains that recognize specific phosphorylated forms of PIs, e.g., phosphatidylinositol 3-phosphate (PI3P). Lipids can also be bound by protein regions lacking a conserved protein fold including polybasic regions that bind anionic lipids such as the MARCKS effector domain (MED) that preferentially binds PI(4,5)P2 (Denisov et al., 1998). Here, Ueda et al. show that the hypervariable region of the small GTPases Rab4 and Rab5 promote the intrinsic tethering capability of these Rabs when PS, PI, and cholesterol are present.

While organelles have distinct sets of lipids, their ratio is not static. Instead, the local composition of membranes is under constant remodeling as part of regulating cellular functions. For instance, phosphoinositides can be differentially phosphorylated and dephosphorylated by specific kinases and phosphatases. Such changes not only affect the recruitment of proteins with specific lipid binding domains but alter the local surface charge of a membrane. Lipids can also be modified through the action of phospholipase C (PLC) and PLD to remove lipid head groups to make DAG and PA that alter protein binding and function as seen by the activation of protein kinase C by DAG (Kong et al., 1991) or the inhibition of SNARE activation through the sequestration of Sec18 by PA (Starr et al., 2019). Lipids can also be modified through the removal of an acyl chain by PLA1, PLA2, and PLB to make lysolipids, which engage specific receptors (Moolenaar, 2000) and affect membrane curvature (Kooijman et al., 2003). The removal of acyl changes can also be coupled with their exchange through the action of acyltransferases (Sanford and Frosolono, 1983).

Not only does the overall lipid composition of a membrane affect protein function, but the distribution of lipids across the bilayer adds a level of complexity to the interaction between proteins and membranes. Changing the characteristics of a leaflet can occur through translocating specific lipids across the bilayer through the function of flippases (Backer and Dawidowicz, 1987) (Fazeli et al.) and floppases (Dekkers et al., 1998) to establish lipid asymmetry between leaflets. In contrast, lipid asymmetry can be homogenized through the indiscriminate translocation of lipids by scramblases (Daleke, 2003). Other modifications occur through non-vesicular lipid transfer between membranes (Bankaitis et al., 1990). Finally, the physical characteristics of a membrane can change through the formation of sterol and sphingolipid rich membrane microdomains that both thicken and stiffen membranes to affect protein function (Edidin, 2003; Wang and Silvius, 2003). These modifications along with lipid interdigitation, hydrophobic mismatching, and membrane compression can exquisitely regulate protein function and their pathways (Andersen and Koeppe, 2007). Finally, various physical properties of membranes can be altered by small molecules including those that affect the electrical potential of membranes (Efimova et al.) or by increasing lipid disorder to potentiate the effects of antifungal drugs (Zakharova et al.).

In this collection of papers, we see a sample of how the membrane can affect protein function. Starting with phosphoinositides, the included papers show how these lipids affect the acidification of organelles (Banerjee and Kane), protein trafficking in cilia (Nechipurenko), recruitment of RUFY effectors to endosomes (Char and Pierre) and establishing membrane contact sites (Zaman et al.). As mentioned above, PIs can be modified by phospholipases to produce PA and DAG. Here, Moon and Jun show how mitochondrial fusion is regulated by PA. Another paper shows that converting PA to lysoPA through PLA activity controls neurite outgrowth (Maemoto et al.). Finally, DAG-rich structures are shown to affect lipid droplet consumption by tubular endoplasmic reticulum (Ganesan et al.).

Other lipid classes represented in this collection include cholesterol, glycolipids, and sphingolipids. In yeast, ergosterol is shown to affect the GTPase Sey1/atlastin during the fusion of endoplasmic reticulum microsomes (Moon and Jun). Glycolipids include GPLs and SLs where the head group has been modified with carbohydrates. Here Hanafusa et al., show how the two glycolipids lactosylceramide and phosphatidylglucoside differentially regulate separate classes of lipid rafts at the plasma membrane. Finally, Hurst and Fratti discuss how ergosterol and sphingolipids affect vacuole fusion.


OPEN QUESTIONS AND CHALLENGES

The regulation of proteins by membrane lipids is a rapidly expanding and exciting area of research. While great advances have been made in recent years, there are many questions that remain elusive and challenging to address. Outstanding questions include:

• How do different lipids act in concert to affect specific protein-lipid interactions? Membrane proteins are surrounded by a cocktail of lipids that change in a spatiotemporal manner. In other words, the stoichiometry of lipids surrounding a particular protein or set of proteins (e.g., SNAREs) will change through the duration of the pathway. Lipids such as phosphoinositides and their metabolites are rapidly modified through the actions of specific kinases, phosphatases and lipases. Thus, dysregulating the timing and order of lipid modification can have profound effects on the function of a protein and block the progression of a pathway.

• How can lipid dynamics be tracked by fluorescence microscopy without altering said dynamics or their inherent physical properties? Lipids are commonly tracked with fluorescent probes that recognize specific lipid head groups. While informative, the use of bulky probes can block lipid interactions and alter their lateral diffusion. These probes could also have off target binding and skew the readout. Alternatively, an acyl chain is replaced with a fluorophore. Because the physical properties of acyl chains partially or wholly define the biochemical behavior of a lipid, replacing one with a fluorophore essentially creates a new lipid whose properties are irrelevant and can introduce unwanted physical effects to the system of interest.

• How do raft-like lipid microdomains and membrane asymmetry affect protein function on endomembranes? Much of the work on membrane microdomains and asymmetry has been done on the plasma membrane, thus their importance within the cell is less understood.

• How do we best determine the true result of altering lipid modification? The study of lipid modification on protein function is commonly tested by inhibiting the modifying enzyme. The resulting phenotype is a mixture of blocking the production of a new lipid with the accumulation of the precursor. While this can be partially addressed using defined reconstituted systems, we have to consider that the missing lipid has to be replaced with another other lipid further altering lipid stoichiometry and introducing a new variable.

• How do you measure the real-time effects of dynamic changes in hydrophobic mismatch and interdigitation on protein function? Changes in the thickness of membranes through such mechanisms can have dramatic effects on protein organization and function. Yet, the rapid lateral remodeling of lipids and transient changes in bilayer thickness is difficult to track.
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Luminal pH and the distinctive distribution of phosphatidylinositol phosphate (PIP) lipids are central identifying features of organelles in all eukaryotic cells that are also critical for organelle function. V-ATPases are conserved proton pumps that populate and acidify multiple organelles of the secretory and the endocytic pathway. Complete loss of V-ATPase activity causes embryonic lethality in higher animals and conditional lethality in yeast, while partial loss of V-ATPase function is associated with multiple disease states. On the other hand, many cancer cells increase their virulence by upregulating V-ATPase expression and activity. The pH of individual organelles is tightly controlled and essential for function, but the mechanisms for compartment-specific pH regulation are not completely understood. There is substantial evidence indicating that the PIP content of membranes influences organelle pH. We present recent evidence that PIPs interact directly with subunit isoforms of the V-ATPase to dictate localization of V-ATPase subpopulations and participate in their regulation. In yeast cells, which have only one set of organelle-specific V-ATPase subunit isoforms, the Golgi-enriched lipid PI(4)P binds to the cytosolic domain of the Golgi-enriched a-subunit isoform Stv1, and loss of PI(4)P binding results in mislocalization of Stv1-containing V-ATPases from the Golgi to the vacuole/lysosome. In contrast, levels of the vacuole/lysosome-enriched signaling lipid PI(3,5)P2 affect assembly and activity of V-ATPases containing the Vph1 a-subunit isoform. Mutations in the Vph1 isoform that disrupt the lipid interaction increase sensitivity to stress. These studies have decoded “zip codes” for PIP lipids in the cytosolic N-terminal domain of the a-subunit isoforms of the yeast V-ATPase, and similar interactions between PIP lipids and the V-ATPase subunit isoforms are emerging in higher eukaryotes. In addition to direct effects on the V-ATPase, PIP lipids are also likely to affect organelle pH indirectly, through interactions with other membrane transporters. We discuss direct and indirect effects of PIP lipids on organelle pH, and the functional consequences of the interplay between PIP lipid content and organelle pH.

Keywords: phosphatidylinositol phosphate, acidification, organelle, V-ATPase, PIKfyve, lysosome, Golgi apparatus, endosome


PHOSPHOINOSITIDES CONTRIBUTE TO ORGANELLE IDENTITY AND FUNCTION

Unique enrichment of phosphoinositide phosphate (PIP) lipids across sub-cellular organelles helps to define their identity (Strahl and Thorner, 2007; Hammond et al., 2012). A general theme in the field of organelle biology is that the Golgi network is defined by the presence of PI(4)P, endosomes by PI(3)P, plasma membrane by PI(4,5)P2 and late endosome/lysosome by PI(3,5)P2 (Strahl and Thorner, 2007). There are exceptions to this generalization: the plasma membrane has a substantial amount of PI(4)P and late-endosome/lysosome also bears PI(3)P (Wallroth and Haucke, 2018). In addition, PI(4)P has been detected in endosomes and lysosomes (Hammond et al., 2014). The organelle network is more complicated in mammals, but maintains the same basic features (Idevall-Hagren and De Camilli, 2015). This review focuses primarily on PI(4)P, PI(3)P, and PI(3,5)P2 because of their role in V-ATPase function.


Phosphatidylinositol 4-Phosphate, PI(4)P

Phosphorylation of phosphatidylinositol (PI) and interconversions of PIP lipids are driven by kinases, phosphatases, and lipid transfer proteins. PI(4)P is synthesized by site-specific kinases at the Golgi and plasma membrane (Balla et al., 2002, 2005). In yeast, Stt4 and Pik1 synthesizePI(4)P at the plasma membrane and the Golgi network respectively, the two PI(4)P-enriched locations in cells (Audhya et al., 2000); the mammalian orthologs PI4KIIIα and PI4KIIIβ play similar roles (Dornan et al., 2016). The lipid phosphatase Sac1 regulates pools of PI(4)P at the Golgi (Faulhammer et al., 2007; De Matteis et al., 2013). Vps74/GOLPH3 interactions with Sac1 help to determine the gradient of PI(4)P in the Golgi, with highest levels in the trans Golgi (Wood et al., 2012). ER-localized Sac1 at ER-plasma membrane contact sites acts in trans to regulate plasma membrane PI(4)P, via the activity of members of lipid transfer proteins in the oxysterol binding protein family, Osh and ORP proteins (Stefan et al., 2011; Dickson et al., 2016). PI(4)P plays multiple critical roles in the cell, regulating trafficking, driving distribution of other lipids, and acting as a precursor for the important signaling lipids PI(4,5)P2 and PI(3,4,5)P2 (Tan and Brill, 2014). In yeast, PI(4)P-deficient pik1 mutants exhibit dysregulated trafficking from the trans-Golgi network, disorganization of actin, and impairment of the secretory pathway (Hama et al., 1999; Walch-Solimena and Novick, 1999). In addition, pik1 mutants manifest a kinetic delay in maturation of pro-peptides destined to the vacuole from the Golgi (Audhya et al., 2000). In general, defects in sorting as a result of lower PI(4)P can be attributed to failure to recruit critical trafficking effectors to the membrane, such as AP-1and GGA proteins (Wang et al., 2003, 2007). The precise level of PI(4)P is also important, as elevation of PI(4)P in the Golgi of mammalian cells, as a result of RNAi of SAC1, causes mislocalization of Golgi glycosylation enzymes mannosidase-II and N-acetylglucosamine transferase-I (Cheong et al., 2010). Mutations causing elevation of Golgi PI(4)P also cause mislocalization of a Golgi membrane protein in yeast (Wood et al., 2012). PI(4)P has also emerged as an important determinant of distribution of other lipids and overall membrane structure, as OSBP family members use PI(4)P to power exchange for phosphatidylserine, cholesterol, and other lipids at membrane contact sites (Chung et al., 2015; Mesmin et al., 2017; Antonny et al., 2018; Nishimura et al., 2019). Some of the many defects arising from PI(4)P deficiency may arise from altered distribution of other lipids. Finally, plasma membrane PI(4)P acts as a precursor for PI(4,5)P2, a major organizer of plasma membranes, as well as the downstream signaling lipid PI(3,4,5)PP3 (Balla, 2013).



Phosphatidylinositol 3-Phosphate, PI(3)P and Phosphatidylinositol 3,5-Bisphosphate, PI(3,5)P2

Phosphatidylinositol 3-Phosphate has a critical role in vesicular trafficking and protein sorting (Strahl and Thorner, 2007). PI(3)P synthesis at the endosome relies on the PI 3-kinase Vps34. PI(3)P synthesis is critical to sorting of vacuolar proteins (Schu et al., 1993; Stack et al., 1995), and also important for endosomal maturation and subsequent synthesis of PI(3,5)P2 in the late endosome and lysosome (Brown et al., 1995; Gary et al., 1998). PI(3)P is essential for autophagosome formation and maturation, and therefore regulates autophagy (Vergne and Deretic, 2010; Marat and Haucke, 2016). Vps34 participates in two different complexes that target these distinct cellular functions (Kihara et al., 2001). Protein sorting and membrane trafficking are mediated by an endosomal Vps34 complex that also contains Vps15, Vps30/Beclin and Vps38/UVRAG (Rostislavleva et al., 2015). Starvation induced autophagy (Kametaka et al., 1998) and cytosol to vacuole transport (Kim and Klionsky, 2000) require a complex of Vps34, Vps15, Vps30/Beclin, Vps38, Atg14, and Atg38/NRBF2 (Araki et al., 2013). PI(3,5)P2 is generated from PI(3)P and required for endo/lysosomal maturation, luminal acidification, and merging with multi-vesicular bodies (MVB) (Dove et al., 2002; Naufer et al., 2018; Wallroth and Haucke, 2018). PI(3,5)P2 controls organelle fusion and fission by regulating the Ca2+ concentration of organelle lumen (Dong et al., 2010). PI(3,5)P2 at the endo/lyososome is dynamically regulated by hyperosmotic stress, which offers protection from osmotic stress (Bonangelino et al., 2002; Jin et al., 2017). An intricate regulation of PI(3)P and PI(3,5)P2 might be responsible for endo/lysosomal positioning, trafficking and signaling (Wallroth and Haucke, 2018). PI(3,5)P2 appears to be regulated at the endo/lysosome in response to availability of glucose (Yordanov et al., 2019). This is accomplished by the nutrient-sensing kinase, AMPK, in collaboration with the BORC1 complex, a regulator of lysosome trafficking (Yordanov et al., 2019).

Endosomal sorting has recently been implicated in multiple diseases, illuminating the crucial role of the endosome as a sorting hub in humans (Ketel et al., 2016). In mammalian cells, PI(4,5)P2 is required for the early endocytic step and there is a PI(4,5)P2 to PI(3)P conversion during formation of early endosomes (Zoncu et al., 2009). From the endosomes, cargos are recycled to plasma membrane through recycling endosomes which require a switch of PI(3)P to PI(4)P (Ketel et al., 2016). In contrast, anterograde maturation of endosomes requires PI(3)P and eventually, PI(3,5)P2 in the membrane, as they become late endosomes and ultimately merge with lysosomes (Wallroth and Haucke, 2018). These dynamic PIP interconversions help to balance trafficking with maintenance of organelle integrity. Experimentally, acute conversion of PIPs using chemical-genetics, optogenetics, and single vesicle studies, have greatly advanced the understanding of this field (Zoncu et al., 2009; Idevall-Hagren et al., 2012).



Interactions of PIPs With Cytosolic and Membrane Proteins

Much of the functional importance of PIPs derives from the recruitment of cytosolic proteins to specific membranes and the generation of PIP-specific conformational changes in integral membrane proteins. The majority of cytosolic or peripheral membrane proteins that bind PIPs bind through conserved PIP binding domains (Lemmon, 2008; Hammond and Balla, 2015). The pleckstrin homology (PH) domain is a well-characterized PIP binding domain that binds to PIP isoforms selectively (Lemmon, 2008). PH domains bind PIP head groups through deep pockets lined with basic amino acids, accounting for high-affinity (Naughton et al., 2018). Hydrophobic and aromatic amino acids lining the PIP binding site are thought to interact with the hydrophobic lipid bilayer (Lemmon, 2008). The FYVE domain (named after the PI(3)P binding proteins Fab1, YOTB, Vac1, and EEA1) (Burd and Emr, 1998; Lemmon, 2008) is another high-affinity lipid binding domain common to endosomal effectors. FYVE is a zinc finger domain bearing a binding site lined by basic amino acids that recognizes PI(3)P (Misra and Hurley, 1999). Other canonical PIP binding domains include PX, GRAM, and F-BAR domains (Lemmon, 2008). PROPPINS are a group of proteins represented by Atg18 and Hsv2 that contain a 7-bladed β-propeller that binds to PI(3)P and PI(3,5)P2 (Baskaran et al., 2012). The PIP binding site in PROPPINS does not conform to canonical PIP binding pockets. PROPPINS bind membranes containing PI(3)P or, PI(3,5)P2 via basic amino acid residues forming salt bridges with the PIP headgroup and aromatic amino acids that interact with the lipid bilayer (Baskaran et al., 2012). A group of cytosolic proteins known as MARCKS and MRP bind PI(4,5)P2 via long basic amino acid-rich patches (McLaughlin and Murray, 2005). These proteins bind predominantly by electrostatic interactions, and may present a less structured binding domain to the membrane.

Membrane proteins also bind PIPs, but in most cases, this binding does not involve canonical PIP-binding domains. The membrane proteins that are known to be regulated by PI(4,5)P2 include voltage-gated ion channels of the plasma membrane (Suh and Hille, 2005). These channels bind to PI(4,5)P2 using conserved cytosolic domains present in either their N- or C-terminal domains (Hilgemann, 2004; Suh and Hille, 2005). Mutagenesis, structural and domain swapping studies reveal that basic and hydrophobic residues are found in the PI(4,5)P2-binding domains in these channels (Hilgemann, 2004; Suh and Hille, 2005). The mammalian Ca2+/Na+ selective voltage and ligand-gated, two pore ion channels TPC1 and TPC2 are activated by PI(3,5)P2 (Boccaccio et al., 2014; Kirsch et al., 2018; She et al., 2018). A cryo-EM structure of TPC1 bound PI(3,5)P2 reveals that basic and polar amino acid residues from cytosolic loops and helices form the PIP binding site (She et al., 2018). Aromatic amino acids lying proximal and planar to the lipid bilayer also affect PI(3,5)P2 dependent regulation (She et al., 2018). In contrast, PI(3,5)P2 binding to the N-terminal domain of TRML1 channel (homologous to yeast Yvc1) requires multiple positively charged amino acid residues (Dong et al., 2010). Interestingly, TRPML1 channels localized transiently to the plasma membrane are inactive, suggesting that activity requires localization to PI(3,5)P2-containing compartments (Zhang et al., 2012).



LUMINAL pH AS AN IDENTIFYING FEATURE OF ORGANELLES


Organelles Have a Distinct Luminal pH

Organelles maintain a unique and tight range of pH, which also contributes to their identity (Figure 1; Casey et al., 2010). Measurement of organelle and cytosolic pH depends heavily on pH-dependent ratiometric fluorescent probes (Llopis et al., 1998; Martinez-Munoz and Kane, 2008; Casey et al., 2010; Diakov et al., 2013). The cytosol, nucleus and the endoplasmic reticulum (ER) maintain a near-neutral pH of approximately 7.2 (Grinstein et al., 1986; Paroutis et al., 2004; Casey et al., 2010; Tarsio et al., 2011). The Golgi network maintains a pH of roughly 6.7–6, gradually descending from the cis- to medial- to trans-Golgi compartments (Paroutis et al., 2004; Deschamps et al., 2020). Secretory granules are generally more acidic, with a pH range of 5.2–5.7 (Geisow and Evans, 1984; Casey et al., 2010). Although organelle pH ranges are generally conserved among eukaryotes, luminal pH can vary among tissues and organisms. The endocytic pathway is composed of early, recycling, and late endosomes and lysosomes. Endosomes vary in their pH, with the pH of early and recycling endosomes in the range of 6.3–6.5 (Casey et al., 2010; Mitsui et al., 2011), and late endosomes with a more acidic pH of 5.5 (Casey et al., 2010; Tarsio et al., 2011). MVB, responsible for targeting of some lysosomal and vacuolar proteins, targeting of autophagic cargo to the late-endosome/lysosome, and secretion of exosomes, are thought to maintain an acidic pH of ∼6 (Clague and Urbe, 2008), but the precise pH of MVB is yet to be determined. The lysosome is the most acidic organelle with a pH range of 4.7–5.5 in mammals (Casey et al., 2010; Tarsio et al., 2011). The pH of lysosomes can vary depending on their position with respect to the nucleus, with peripheral and central lysosomes possibly serving different functions (Johnson et al., 2016; Pu et al., 2016). Yeast vacuoles have many similarities to lysosomes in higher organisms, but vacuoles maintain a higher pH range of 5.5–6.2 (Tarsio et al., 2011), and vacuolar pH can vary substantially in response to extra- and intra-cellular cues (Martinez-Munoz and Kane, 2008; Diakov and Kane, 2010; Brett et al., 2011).
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FIGURE 1. Distribution of V-ATPase isoforms, PIP lipids and the pH of subcellular organelles. Subcellular localization of isoforms of the 100 kDa a-subunit of the V-ATPase, in yeast and mammals, are indicated by separately coloring the a-subunit isoforms. The key to the respective a-subunit isoforms are indicated on the right side of the figure. On the left bottom, a key to the different organelles in the figure is present. The distinct enrichment of PIP lipids on the membranes of subcellular organelles and compartments are indicated by different colors. The key to the color-coded PIP species is on the bottom right side of the figure. Enrichment of PI(4)P is indicated in the compartments of the Golgi network and the plasma membrane. In addition to PI(4)P, the plasma membrane maintains an enrichment of PI(4,5)P2 and PI(3,4,5)P3. Secretory vesicles are also indicated to be enriched in PI(4)P. The endosomal compartments, including the early-, late- and recycling-endosomes and lysosomes, are characteristically enriched in PI(3)P. The late endosomes and lysosomes, in addition, maintains the highly regulated species PI(3,5)P2. pH or pH-ranges of all the different organelles are indicated by numbers inside or beside the respective organelles.




Luminal pH and Organelle Function

Luminal pH is closely tied to organelle function. The strongly acidic environment of lysosome and vacuoles is optimal for the activity of various hydrolytic enzymes such as proteases (Li and Kane, 2009; Mauvezin and Neufeld, 2015). The pH gradient across lysosomes and vacuoles is utilized to drive transport of ions and metabolites in and out of lumens of these hydrolytic and storage organelles (Li and Kane, 2009; Carmona-Gutierrez et al., 2016). Chemical agents and mutations that alkalinize the Golgi lumen dysregulate protein glycosylation, impair transport, and alter Golgi morphology (Axelsson et al., 2001; Maeda et al., 2008). Mutations in a Golgi subunit-isoform of the V-ATPase (ATP6V0A2) affect Golgi acidification and cause the rare congenital human disease cutis laxa (Kornak et al., 2008; Farsi et al., 2016). The exocytosis machinery, particularly regulated secretory granules, require adequate acidification to perform efficient secretion. Chromaffin granules maintain an acidic pH (pH ∼5.5), and it is proposed that luminal pH is sensed in order to discriminate vesicles loaded and ready for secretion (Poea-Guyon et al., 2013). Acidification of synaptic vesicles [with pH ranging from 6.4 to 7 (Farsi et al., 2016, 2018)] is key to neurotransmission. Loading of neurotransmitters into synaptic vesicles exploits both the pH gradient across their membrane and membrane potential established by the V-ATPase proton pump to load neurotransmitters (Farsi et al., 2016). Additionally, synaptic vesicle pH appears to control neurotransmitter release, subsequent to loading (Hiesinger et al., 2005; Poea-Guyon et al., 2013; Bodzeta et al., 2017).

Endosomes are key protein and membrane sorting compartments. Release of ligands from receptors is regulated by endosomal pH, with some receptors, such as transferrin receptor, readily recycled back to the plasma membrane, while other receptor-ligand complexes such as EGF receptor proceed to the lysosome for degradation (Futter et al., 1996; Authier and Chauvet, 1999). Some receptors transmit distinct signals from endosomes (Bergeron et al., 2016). Multiple viruses, including influenza and coronaviruses, exploit the acidic environment of endosomes to drive conformational changes required for infection (Lakadamyali et al., 2004; Cossart and Helenius, 2014). Phagosomes become progressively more acidic as they enter the cell, and this acidification is important to their function in innate immunity (Sun-Wada et al., 2009). pH homeostasis in the endolysosomal pathway is increasingly implicated in metabolic control, proteostasis, aging, neuro-protection, adaptive immunity and inflammation (Carmona-Gutierrez et al., 2016; Lassen et al., 2016; Bohnert and Kenyon, 2017).

Finally, the plasma membrane plays a critical role in cellular pH homeostasis. A network of transporters, exchangers, and ATPases is dedicated to maintenance of cytosolic pH in the face of changing extracellular environment (Grabe and Oster, 2001). Tight control of cytosolic pH is essential in mammalian cells, where cytosolic acidification is a trigger for apoptosis (Sergeeva et al., 2017). Rapidly growing cancer cells are often highly dependent on acid-producing glycolytic metabolism and remodel the plasma membrane proteome to support H+ export, but at the same time establish an acidic extracellular environment optimal for metastasis (Stransky et al., 2016). In contrast, in some contexts, including distal renal tubule, epididymis, inner ear and osteoclasts, proton export is essential to achieve physiological functions, such as urine acidification, spermatogenesis, hearing, and bone resorption, respectively (Borthwick and Karet, 2002; Breton and Brown, 2013).



V-ATPase—EVIDENCE FOR DIRECT INTERACTION WITH PIP LIPIDS


V-ATPase Structure and Function

V-ATPases are central players in organelle acidification and cellular pH control. V-ATPases are highly conserved, multisubunit proton pumps comprised of a peripheral membrane subcomplex called the V1 sector, and an integral membrane subcomplex called the Vo sector. The structure and subunit composition of the yeast V-ATPase is shown in Figure 2. Hydrolysis of cytosolic ATP occurs alternately at three catalytic sites in the V1A subunits, driving rotation of the central DF rotor stalk. The DF rotor stalk is attached to Vo d subunit and the ring of c-subunits in the Vo sector, and rotation of the c-ring relative to the integral membrane C-terminal domain of the a-subunit (aCT) promotes proton transport from the cytosol into the organelle lumen or to the cell exterior. Productive coupling of ATP hydrolysis and proton pumping relies on the AB hexamer in V1 and the Vo a-subunit remaining stationary as the central stalk rotates. Three stator stalks, each containing an EG heterodimer, connect the AB hexamer to Vo, both through direct interactions with the N-terminal domain of the a-subunit (aNT) and via indirect interactions through the H and C subunits of V1.
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FIGURE 2. Structure of the yeast V-ATPase holoenzyme. (A) Cryo-electron micrograph structure of the assembled yeast V1-Vo complex (Zhao et al., 2015). A combination of the electron density and a chain trace of the different subunits is used to demonstrate the structural features of the V-ATPase holoenzyme. The subunits and distinct domains are indicated. The three distinct EG heterodimers (green and purple) are indicated by numbers on the side of the respective heterodimers. Upper-case letters indicate the subunit of the V1 sector and lower-cases represent the Vo-sector subunits. (B) A cartoon of the V-ATPase holoenzyme together with the functions performed by the V1 and the Vo sectors is demonstrated. Precisely, the V1 sector performs the ATP hydrolysis which is coupled to the proton transport function of the Vo sector. The direction of rotation of the rotor subunits (c8c′c″dDF) is indicated by a circular arrow on the hetero-decameric c-ring (cc′c″).


V-ATPases are ubiquitous pumps found in multiple organelles of virtually all eukaryotic cells, but their activities in different locations are regulated at multiple levels. First, several subunits can be expressed as different isoforms that show tissue- and/or organelle-specific distribution (Marshansky and Futai, 2008). These isoforms can affect catalytic properties of the pumps they contain, determine their cellular localization, and support different regulatory mechanisms. Second, V-ATPases of multiple organisms have the capacity for reversible disassembly in response to diverse signals (Parra et al., 2014; Stransky and Forgac, 2015; Liu et al., 2017; McGuire and Forgac, 2018). In response to signals for disassembly of the V-ATPase, the V1 sector is detached from the Vo sector, accompanied by downregulation of both ATP hydrolysis and proton transport. Disassembly was first observed in yeast and in the tobacco hornworm Manduca sexta, and in both settings, occurred under conditions of glucose deprivation (Kane, 1995; Sumner et al., 1995). In V1 subcomplexes detached from Vo, ATPase activity is inhibited (Parra et al., 2000) and Vo subcomplexes are closed to protons (Couoh-Cardel et al., 2015). Upon restoration of nutrients, V-ATPases were reassembled and activated. Since that time, it has become clear that reversible disassembly can occur in response to multiple signals, suggesting that the ability to reversibly disassemble is a general feature of eukaryotic V-ATPase structure (Trombetta et al., 2003; Li et al., 2014; Bodzeta et al., 2017; Liu et al., 2017; Oot et al., 2017; McGuire and Forgac, 2018). Isoform content can affect the ability of V-ATPases to disassemble (Kawasaki-Nishi et al., 2001b). Third, V-ATPases can be regulated by interactions with many regulatory proteins. These include glycolytic enzymes such as phosphofructokinase and aldolase (Lu et al., 2007; Su et al., 2008), which may couple V-ATPase activity to metabolic rate, regulators encoded by pathogens (SidK) (Zhao et al., 2017), and ARNO and Arf6, which help couple trafficking to endosomal pH sensing via the V-ATPase (Hurtado-Lorenzo et al., 2006). Finally, as electrogenic proton pumps, V-ATPases are highly sensitive to the activity of other transporters and their overall membrane environment. In many cellular contexts, V-ATPase activity can be limited by other electrogenic transporters creating an inside positive potential across organelle membranes, or can require transport of Cl– or other anions to help balance the membrane potential. In addition, other transporters exploit the proton gradient created by V-ATPases to drive transport of other molecules (Figure 3). Collectively, the net proton export activity of these transporters is referred to as the “proton leak,” since it opposes the activity of the V-ATPase and results in a higher luminal pH than would be expected from the activity of the V-ATPase alone. Thus, both the activity of the V-ATPase itself and the final luminal pH are very sensitive to membrane environment.
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FIGURE 3. A unified model of proton pumps, transporters, and H+/ion exchangers that dynamically regulate the pH of subcellular compartments in yeast. A holistic regulation of pH of the cytosol, the vacuole, and the Golgi network is maintained by the coordinated transport of several ions. The plasma membrane Pma1 (green), vacuolar V-ATPase complex (chrome and black), and the Golgi V-ATPase complex (chrome and black) pump H+ out of the cytosol into the extracellular milieu, the vacuole, and the Golgi, respectively. Simultaneously, different ion transporters and H+/ion exchangers dynamically regulate the pH of the organelles and the cytosol (Li and Kane, 2009; Yenush, 2016). A key identifying the H+ pumps, ion channels, and H+/ion exchangers is provided at the bottom of the figure. BAA refers to basic amino acids. The arrowheads indicate the direction of ion transport.


The Vo a-subunit is central to V-ATPase regulation. Vo a-subunits show the highest level of isoform diversity in many organisms. For example, the Vo a-subunit is the only subunit present as isoforms in the yeast Saccharomyces cerevisiae, where the Stv1 a-subunit isoform resides predominantly at the Golgi apparatus and the Vph1 isoform is predominantly at the vacuole (Manolson et al., 1994). In humans, there are four a-subunit isoforms; one (a4) shows strict tissue specificity, while the others (a1, a2, and a3) are ubiquitously expressed but enriched in certain cell types. Organelle-specific enrichment is shown in Figure 1. The a-subunits are comprised of an N-terminal domain (aNT) exposed to the cytosol, and a C-terminal domain (aCT) that participates directly in proton transport (Mazhab-Jafari et al., 2016; Roh et al., 2018). Because yeast cells contain a single pair of isoforms, structural and functional differences of the two yeast a-subunit isoforms have been studied extensively. Chimeras of the aNT and aCT domains of the two yeast a-subunit isoforms revealed that information for targeting and reversible disassembly of V-ATPases appears to reside in the aNT domains, while the aCT domain dictates efficiency of coupling of ATP hydrolysis and proton transport (Kawasaki-Nishi et al., 2001a). More recently, structural studies of yeast V-ATPases containing either Vph1 or Stv1 revealed very little structural difference in overall backbone structures between the complexes at 6.6–6.7 A resolution (Vasanthakumar et al., 2019). Structures of the Vph1- and Stv1-containing Vo domains at higher resolution (3.1–3.2 A) have been obtained by cryo-EM (Roh et al., 2018; Vasanthakumar et al., 2019). Again, the backbone structures proved to be very similar, even though distinct catalytic properties are observed between purified V-ATPases containing the two isoforms. Despite the fact that Vph1 and Stv1 are only 49.4% identical in protein sequence, these data indicate that the a-subunit isoforms occupy very similar positions in the V-ATPase, and more subtle, side-chain differences may account for the differences they impart to their V-ATPase complexes.



The aNT Domain as a Regulatory Hub

Substantial evidence indicates that the aNT domain of a-subunit isoforms is a regulatory hub within the pump. A number of regulatory interactions with other proteins, such as the glycolytic enzyme aldolase, are proposed to involve this domain (Lu et al., 2004). In addition, as shown in Figure 2, the aNT domain falls at the interface of the V1 and Vo subcomplexes, and interacts with V1 subunits at two distinct stator stalks. The aNT domain itself is an extended structure, with two globular domains joined by a coiled-coil (Figure 4). The globular domains have been designated the “proximal domain,” which contains the N-terminus and the region adjacent to the first transmembrane domain, and the “distal domain” which is at the opposite end of the coiled coil (Oot et al., 2017). The available structures indicate significant differences in the position of the aNT domain in intact V-ATPase complexes vs. isolated Vo structures, and these differences impact both the proximal and distal domains (Figure 4). Specifically, the aNT collapses toward the Vo d-subunit of the central stalk in Vo structures and is pulled away from this stalk by interactions with the stator stalks in intact V-ATPase structures (Stam and Wilkens, 2016, 2017; Vasanthakumar et al., 2019). These structures suggest that adjusting the position of the aNT domain may be a critical step in reassembly of the V-ATPase after glucose deprivation or other triggers inducing reversible disassembly (Oot et al., 2017). It is also possible that the aNT assumes intermediate conformations that could result in partial destabilization of the V-ATPase (Li et al., 2014). Both the proximal and distal domains contain membrane-adjacent loops that are poorly conserved and often poorly resolved in the cryo-EM structures. The position of these loops suggest that they could be candidates for interaction with the cytosolic face of the membrane, but it is notable that they contain no established lipid binding motifs.
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FIGURE 4. Structural features of the a-subunit. (A) A cryo-EM based model indicating the dynamic structural re-orientation of the N-terminal domain of the a-subunit in an assembled and active holoenzyme-conformation, colored in red (Zhao et al., 2015), and a disassembled and autoinhibited conformation in the isolated Vo sector, colored in green (Stam and Wilkens, 2017). The chain traces of the c-ring comprized of c8c′c″ is colored in gray and the spherical atoms of the d-subunit is colored in blue. (B) A superimposition of the cryo-EM structure of the NT-domain of Vph1 in blue (Zhao et al., 2015) and a Phyre2 based structural model of the Stv1-NT in gray. Stv1NT was modeled to the available low-density structure of the Stv1-V-ATPase (Vasanthakumar et al., 2019). PI(4)P and PI(3,5)P2 molecules are indicated with phosphates drawn in pink on the respective positions of a phosphatidylinositol lipid below the proximal and distal subdomains of the aNT domain, respectively. The PI(4)P binding site in Stv1, comprized of a W83KY sequence in the proximal end of the Stv1NT domain is indicated using red ball-and-stick atomic side chains. A PI(3,5)P2 recognition site in Vph1, comprized of a K231TREYKHK sequence in the distal end of the Vph1NT domain is indicated using green ball-and-stick atomic side chains.




Vacuolar V-ATPases and PI(3,5)P2

As described above, the low level signaling lipid PI(3,5)P2 is enriched in late endosomes and lysosomes/vacuoles. Yeast mutants defective in PI(3,5)P2 synthesis (fab1 and vac14 mutants) have greatly enlarged vacuoles that are defective in uptake of the quinacrine, a fluorescent weak base, suggesting a defect in acidification (Gary et al., 1998). Ratiometric fluorescence measurements indicated a vacuolar pH of 7 in fab1 mutants vs. a pH of 6 in wild-type cells (Yamamoto et al., 1995). Subsequent experiments indicated that vacuolar pH could be maintained at wild-type in the absence of PI(3,5)P2 (Ho et al., 2015). V-ATPase activity and proton pumping were assessed in vacuolar vesicles isolated from fab1 and vac14 mutants (Li et al., 2014). Both activities were approximately 50% of that in wild-type; this may well be sufficient to maintain vacuolar pH in the absence of pH challenges. The levels of Vph1 were comparable in wild-type and mutant vacuoles, suggesting that there was not a defect in trafficking of Vo subunits to the vacuolar membrane. V1 subunits were present at wild-type levels in the mutants, but at reduced levels at the vacuolar membrane, suggesting a defect in biosynthetic assembly or stability of the V-ATPase complex. Interestingly, salt stress, which transiently increases PI(3,5)P2 by up to 20-fold, generated an almost twofold increase in V-ATPase activity, accompanied by increased levels of V1 subunits, in wild-type vacuolar vesicles (Li et al., 2014). This response was missing in vacuoles from salt-treated vac14 mutant vacuoles. These data suggested that PI(3,5)P2 is not absolutely required for V-ATPase assembly or activity, but is required for full activity and for activation in response to osmotic challenge.

Preliminary evidence suggested that Vph1-containing Vo domains might bind to PIP lipids, so the N-terminal domain of Vph1 (Vph1NT) was visualized as a GFP fusion. The Vph1NT-GFP fusion was cytosolic in wild-type cells, but was recruited to membranes when PI(3,5)P2 levels were increased transiently by salt shock or constitutively in a FAB1 mutant that maintains high levels of PI(3,5)P2 (Li et al., 2014). Significantly, replacing full-length Vph1 with the Vph1NT mutant abolishes Vo domain assembly and the V1 sector does not bind to Vph1NT (Jackson and Stevens, 1997; Diab et al., 2009). Therefore, these data suggested that Vph1NT has the capacity to interact with membranes in response to PI(3,5)P2 levels, and could bind to the lipid directly or indirectly. PI(3,5)P2 activation of the V-ATPase was pursued biochemically by assessing activation of V-ATPase activity in isolated vacuolar vesicles by short chain lipids (Banerjee et al., 2019). Short chain PI(3,5)P2 activated both ATPase and proton pumping activity of wild-type vacuolar vesicles, while short chain PI(4)P and PI(3)P provided little or no activation. Mutations in loops in both the proximal and distal domains of Vph1NT were designed that disrupt basic residues predicted to point toward the outer leaflet of the membrane and were not conserved in Stv1NT (Banerjee et al., 2019). These mutations were introduced into full-length Vph1. Two sets of mutations, both in the distal domain of Vph1NT (Figure 4), prevented activation by short chain PI(3,5)P2 in isolated vacuolar vesicles, while preserving wild-type basal V-ATPase activity (Banerjee et al., 2019). Cells containing these mutations exhibited no growth defect in the absence of stress, but had significant growth defects in a strain sensitized by deletion of the Hog1 stress-responsive transcription factor, as described below.



Golgi V-ATPases and PI(4)P

As described above, the Golgi apparatus is enriched in PI(4)P, and in yeast, V-ATPases containing the Stv1 a-subunit isoform are localized to the Golgi at steady state. Remarkably, Stv1NT localizes constitutively to puncta, and this localization is lost when Golgi PI(4)P levels are reduced in a pik1ts mutant, suggesting that Stv1NT binds to PI(4)P in vivo (Banerjee and Kane, 2017). In vitro experiments with bacterially expressed Stv1NT supported direct and specific binding to PI(4)P both on PIP blots and in liposome flotation assays. Potential PIP binding mutations were designed as described above, and a single point mutation (Figure 4) in the proximal domain of Stv1NT almost completely abolished flotation of Stv1NT with PI(4)P-containing liposomes in vitro (Banerjee and Kane, 2017). This mutation (K83A) had been previously characterized as affecting retrieval of Stv1-containing V-ATPases from the endosome to the Golgi (Finnigan et al., 2012). Consistent with those data, the mutant Stv1-containing V-ATPases escaped from the Golgi to the vacuole. A similar effect was seen for Stv1-V-ATPases in a pik1ts mutant, suggesting that loss of PI(4)P binding affects Golgi retention of V-ATPases (Banerjee and Kane, 2017). Stv1-containing V-ATPases were recently purified for cryo-EM studies, and addition of PI(4)P resulted in a 1.9-fold increase in ATPase activity (Vasanthakumar et al., 2019). These data indicate that PI(4)P binding to Golgi V-ATPases is important for both their activity and localization in yeast.

These experiments suggest both structural correlates that can be applied to other V-ATPases and a potential range of physiological functions for PIP binding to V-ATPases. The strategy of predicting potential binding sites based on: (1) position of side chains relative to the membrane in structures or models, (2) regions of limited homology between isoforms, and (3) the presence of basic residues or clusters is consistent with PIP binding sites for other membrane proteins. The experiments with the yeast subunit isoforms suggest that PIP binding can affect activity of V-ATPases, and stabilize V1-Vo interactions (Li et al., 2014). Interestingly, the potential binding sites identified in Vph1NT and Stv1NT are present at opposite ends of the aNT domain. The mechanistic basis of V-ATPase activation by PIP lipids is not yet clear, but structural information about aNT positioning in isolated Vo sectors vs. intact V-ATPases suggests some possible mechanisms. As shown in Figure 4, cryo-EM structures indicate that both the proximal and distal domains of Vph1NT collapse from a more peripheral position dictated by interactions with the peripheral stator stalks in fully assembled V-ATPases toward a more central position, near the central stalk Vo d subunit, in isolated Vo subcomplexes (Figure 4). Interactions with PIP lipids could potentially help stabilize aNT domains in a more peripheral position similar to that seen in the fully assembled, active enzyme.

Although it is not possible to directly identify orthologs of Vph1 and Stv1 in mammalian V-ATPases, there is good evidence that the human a2 isoform is important in Golgi function, since loss of function in this subunit leads to phenotypes associated with loss of Golgi function (Kornak et al., 2008). Consistent with the results with yeast Stv1, the expressed human a2NT proved to bind specifically to PI(4)P-containing liposomes in a lipid flotation assay (Banerjee and Kane, 2017). Interestingly, a2NT does not contain the equivalent of the Stv1 K84 that was required for PI(4)P binding, suggesting that other areas of the protein support binding. However, this result suggests that a2-containing V-ATPases in the Golgi could respond to the presence of PI(4)P. As structures of higher eukaryotic Vo a subunit isoforms and improved models become available, it should be possible to address potential PIP binding sites and test their functional importance by methods similar to those used in yeast. These experiments are motivated by multiple connections between PIP lipids and pH regulation that may directly or indirectly involve direct interactions with the V-ATPase.



CAN PIP LIPIDS AFFECT V-ATPase FUNCTION IN VIVO?

The effects of mutations that compromise PIP binding to V-ATPase subunit isoforms suggest that PIP binding can affect V-ATPase function in multiple ways. PI(4)P appears to help retain Stv1-containing V-ATPases in the Golgi, but also activates these V-ATPases in vitro. This suggests that PI(4)P availability may both activate Stv1-containing V-ATPases when they reach the Golgi, their primary organelle of residence, and help to maintain their localization there. In this context, PI(4)P binding to the V-ATPase Golgi-specific isoform plays a fundamental role in organelle identity. Effects of PI(3,5)P2 on Vph1-containing V-ATPases may be more complex, perhaps reflecting the function of PI(3,5)P2 as a low-level signaling lipid responsive to multiple signals. Assembled Vo domains are present at wild-type levels in mutants lacking PI(3,5)P2, suggesting that neither localization nor retention of the V-ATPase requires this lipid (Li et al., 2014). Vacuolar vesicles from mutants lacking PI(3,5)P2 have reduced activity and assembly, suggesting that PI(3,5)P2 may activate the V-ATPase by stabilizing binding of the V1 sector to Vo (Li et al., 2014). Furthermore, mutations in Vph1 that abolish activation by PI(3,5)P2 do not affect basal V-ATPase activity (Banerjee et al., 2019). These data suggest that PI(3,5)P2 interactions with Vph1 may be most important under conditions of stress. Under conditions of osmotic or salt stress, the vacuole serves as a first line of defense, protecting the cytosol from high levels of ions such as Na+ through the action of Na+/H+ antiporters before protective transcriptional responses, from pathways such as the Hog MAP kinase pathway, can be activated (Li et al., 2012). These antiporters operate at the expense of the vacuolar pH gradient (Li et al., 2012), creating a need for V-ATPase activation that may be fulfilled by PI(3,5)P2 synthesis and V-ATPase activation. Both PI(3,5)P2 synthesis and V-ATPase activity are activated by salt, and this response is entirely missing in fab1Δ and vac14Δ mutants (Bonangelino et al., 2002; Li et al., 2014). vph1 mutants defective in PI(3,5)P2 activation have no obvious growth defects, but show synthetic phenotypes in combination with hog1Δ mutants (Banerjee et al., 2019). This suggests an important stress-dependent role for PI(3,5)P2 activation of V-ATPases that may operate in other contexts as well. It should be noted, however that although PI(3,5)P2 also promotes vacuolar acidification in plants, it does not act by increasing V-ATPase activity. Instead patch clamp experiments on isolated vacuoles indicate that PI(3,5)P2 acts as a negative regulator of the anion/H+ exchanger CLC-a (Carpaneto et al., 2017) thus limiting H+ export from the vacuole.

One of the prominent effects of loss of PI(3,5)P2 synthesis is formation of a greatly enlarged vacuole in yeast and cytosolic vacuolation in mammalian cells (Gary et al., 1998; Chow et al., 2007; Zhang et al., 2007). This phenotype may have a relationship to altered V-ATPase activity, but the exact mechanism remains unclear. Yeast mutants lacking all V-ATPase activity do not have greatly enlarged vacuoles, although there are defects in vacuolar morphology (Baars et al., 2007). The vph1 mutations that prevented PI(3,5)P2 activation had significantly enlarged vacuoles relative to wild-type cells in the absence of salt, and less vacuolar fragmentation upon salt stress (Banerjee et al., 2019), but these phenotypes were not as pronounced as in PI(3,5)P2-deficient mutants. A screen for mutations able to suppress the temperature sensitivity of a fab1Δ mutant identified mutations in VPH1 as well as a vacuolar cation/H+ antiporter, Vnx1; these suppressors also reduced vacuolar size (Wilson et al., 2018). The V-ATPase inhibitor bafilomycin A1 prevented vacuolar enlargement in a fab1ts mutant upon a shift to high temperature, also suggesting that reducing V-ATPase activity reduced vacuolar swelling (Wilson et al., 2018). In addition, bafilomycin A1 blocks cytosolic vacuolation arising from treatment of COS7 cells with a PIKfyve inhibitor (Compton et al., 2016). This observation suggests that the relationship between the V-ATPase and vacuolation is conserved in mammalian cells. These results are not easily reconciled with PI(3,5)P2 activation of the V-ATPase, but in yeast, loss of PI(3,5)P2 and vacuolar enlargement were accompanied by elevated cellular levels of K+ ions (and to a less extent Na+ and Ca2+ ions) suggesting that vacuolar enlargement is a consequence of perturbed osmotic regulation (Wilson et al., 2018). In this mechanism, hyperactive uptake of ions into the vacuole, likely via H+-driven antiporters, drives vacuole swelling; inhibiting the V-ATPase prevents the overactive uptake by inhibiting the antiporters. There is no direct evidence that a similar mechanism explains the cytosolic vacuolation in mammalian cells lacking PI(3,5)P2. Notably, it has been shown that overexpression the Ca2+ release channel TRPML1 and its yeast homologue Yvc1 can suppress vacuolation in PI(3,5)P2-deficient mouse fibroblasts and yeast, possibly by altering fission and fusion events (Dong et al., 2010). Lysosomal enlargement with acute PIKfyve inhibition appears to occur via lysosomal fusion (Choy et al., 2018). Both PI(3,5)P2 and the V-ATPase are implicated in yeast vacuolar fission and fusion (Baars et al., 2007; Miner et al., 2019), but it is not yet clear whether they act together or in parallel.

V-ATPase activity is compromised in mutants lacking Vps34, the kinase responsible for generating PI(3)P, as well as its partner regulatory subunit Vps15 (Sambade et al., 2005). vps34Δ and vps15Δ mutants were identified as exhibiting Vma– growth phenotypes in a genomic screen, and these mutants showed little uptake of quinacrine into the vacuole. Because PI(3)P is the substrate of Fab1/PIKfyve, PI(3,5)P2 synthesis is also lost in mutants unable to synthesize PI(3)P, but the V-ATPase defects exceeded those of the fab1Δ mutant in yeast. Vacuolar vesicles isolated from vps34Δ and vps15Δ mutants had only 15–17% of wild-type activity, and had reduced levels of both V1 and Vo subunits, despite the presence of normal subunit levels in whole cell lysates (Sambade et al., 2005). These data indicate an additional defect in trafficking of Vph1-containing V-ATPases in mutants lacking PI(3)P that could be explained by transport of the V-ATPase to the yeast vacuole through the prevacuolar compartment, a Vps34-dependent pathway (Bowers and Stevens, 2005). Although mammalian cells have three PI 3-kinases, the Vps34 homologue (also known as PIK3C3) plays a critical role in endosomal trafficking and autophagy and forms the predominant pool of PI(3)P that is the precursor of PI(3,5)P2 (Ikonomov et al., 2015). Recently, inhibition of cytosolic vacuolation in response to PIKfyve inhibition by bafilomycin was shown to involve attenuation of the elevated PI(3)P levels that generally accompany inhibition of PI(3,5)P2 production (Sbrissa et al., 2018). These results highlight the importance of the V-ATPase in maintaining PI(3)P levels when PIKfyve is inhibited and suggest a potential role for PI(3)P in cytosolic vacuolation beyond acting as a PI(3,5)P2 precursor. The direct effects of Vps34-generated PI(3)P on V-ATPase activity in mammals has yet to be examined, but there are multiple connections between PI(3)P and compartment acidification that may relate to V-ATPase function, as described below.



INTERSECTIONS OF PIPs AND ORGANELLE pH IN HEALTH AND DISEASE

Beyond direct connections to the V-ATPase, the interplay between PIP lipids and pH homeostasis occur at a very basic level. Many of the PIP lipid headgroups, including PI(3,5)P2 and PI(4)P have near-neutral pKa values when evaluated in a mixed lipid membrane environment (Kooijman et al., 2009). This pH sensitivity is physiologically relevant, since it was recently shown that PI(4)P exhibits cytosolic pH-sensitive interactions with protein effectors containing PH domains, including the lipid exchange protein Osh1. This pH sensitivity renders the interaction glucose-sensitive and leads to altered trafficking of proteins to the membrane in glucose-deprived cells (Shin et al., 2020). In contrast, levels of PI(3)P are sensitive to luminal pH. As the internal pH of endosomes and phagosomes decrease, Vps34 gradually dissociates from the cytosolic face of the membrane, halting PI(3)P production and rendering the lipid susceptible to phosphatases (Naufer et al., 2017). Taken together, these data highlight the intimate connection between PIP content and pH homeostasis. These connections play out in multiple settings.


Neurodegeneration

Both PI(3,5)P2 and V-ATPase activity have strong associations with neurodegenerative disease. Mice with impaired PI(3,5)P2 synthesis exhibit severe neurodegeneration (Chow et al., 2007; Zhang et al., 2007), and mutations that reduce PI(3,5)P2 levels in humans are associated with Charcot-Marie-Tooth disorder 4J and amyotrophic lateral sclerosis (Chow et al., 2007; Chow et al., 2009). Fig4- and Vac14-deficient mice show early neurodegeneration that has been attributed to defects in autophagy as well as the defective trafficking leading to vacuolation (Ferguson et al., 2009). Although complete loss of V-ATPase activity is lethal in mammals (Sun-Wada et al., 2000), compromised lysosomal acidification is associated with multiple neurodegenerative diseases and aging (Colacurcio and Nixon, 2016; Song et al., 2020). One form of Batten’s disease arises from mutations in the CLN1 gene which compromise trafficking of the a1 subunit isoform and results in elevated lysosomal pH and severe neurodegeneration (Bagh et al., 2017). Mutations in LRRK2 (leucine-rich repeat kinase 2) are strongly associated with Parkinson’s disease, and LRRK2 was recently shown to interact with the a1 subunit isoform. Significantly, the pathogenic LRRK2 R1441C mutation alters interaction with a1 and increases lysosomal pH (Wallings et al., 2019). Loss of the a1 subunit has also been associated with Alzheimer’s disease (Williamson and Hiesinger, 2010). Mutations associated with altered splicing of human V-ATPase subunit gene ATP6AP2 are associated with both a specific form of Parkinson’s disease, X-linked parkinsonism with spasticity (Korvatska et al., 2013) and X-linked mental retardation with epilepsy, Hedera type (Ramser et al., 2005; Hirose et al., 2019). Conditional deletion of ATP6AP2 in mouse brain results in severe developmental defects and widespread neurodegeneration (Hirose et al., 2019), and similar defects were seen in Drosophila (Dubos et al., 2015). Autophagic flux requires V-ATPase activity both for autophagosome-lysosome fusion and autolysosome acidification/cargo degradation (Mauvezin and Neufeld, 2015). Long-lived cells like neurons are particularly sensitive to reduced lysosomal proteolysis. Oocytes are also generally long-lived cells, and interestingly, stimulation of V-ATPase activity proved to be critical for restoring oocyte proteostasis prior to fertilization in Caenorhabditis elegans, thus insuring a “reset” that clears any accumulated aggregates (Bohnert and Kenyon, 2017). If PI(3,5)P2 proves to activate V-ATPase activity in response to stress in mammalian cells as it does in yeast, this activation could be a pathway for neuroprotection.



Phagocytosis and Immunity

As described above, proteins entering the cell via endocytosis encounter a progression of compartments with distinct luminal pH and phosphoinositide content. This progression is even more elaborate in phagocytic cells, which display both a succession of transitions in PIP lipid content and a progressively lower pH with time. Sun-Wada et al. (2009) found that V-ATPases containing the a3 subunit isoform were responsible for phagosome acidification, and were recruited to phagosomes by phagosome-lysosome fusion. The a3 isoform appeared at the phagosomal membrane by 10 min. after phagocytosis of latex beads, and remained on the membrane through later stages of phagocytosis. During these stages, the phagosomal pH decreased from 7.5 to 5.9. Both phagosome acidification and bacterial killing were lost in macrophages from a mutant mouse lacking the a3 subunit (Sun-Wada et al., 2009). Interestingly, it was recently shown that if reacquisition of PI(4)P in late phagosomes is blocked, acidification of the phagosome is compromised (Levin et al., 2017). As in a number of cases, it is not yet clear whether PI(4)P facilitates fusion with acidic lysosomes with the phagosomes at this later stage, directly affects acidification, or both. Reduced PI(3,5)P2 was shown to compromise phagosome-lysosome fusion and degradative capacity in RAW macrophages, but acidification of both phagosomes and lysosomes was preserved, suggesting that acidification is not dependent on this lipid (Kim et al., 2014). Dendritic cells process endocytosed proteins for antigen presentation, and increased assembly of the V-ATPase in lysosomes accompanies dendritic cell maturation and results in a lower lysosomal pH (Trombetta et al., 2003; Liberman et al., 2014). More recently, PIKfyve was shown to be critical for maturation of phagocytic compartments in dendritic cells and generation of an “MHC Class II compartment” where protein fragments are combined with MHC Class II molecules for antigen presentation. Inhibition of PIKfyve in dendritic cells impaired lysosomal acidification and antigen presentation, slowing maturation of the phagocytic compartment and reducing the activity of proteases with an acidic pH optimum (Baranov et al., 2019). In a Dictyostelium model of phagocytosis, loss of PI(3,5)P2 decreased acidification and increased survival time of Legionella bacteria (Buckley et al., 2019). Many pathogens, including Legionella and Mycobacterium tuberculosis, manipulate both PIP levels and organelle acidification to modify the phagocytic pathway and enhance their survival (Hilbi et al., 2011; Koliwer-Brandl et al., 2019). The cellular entry and intracellular life-cycle of SARS-Cov-2 virus was blocked both by V-ATPase and PIKfyve inhibitors in a human pseudovirus infection model, indicating an important role of ion homeostasis at the endo-lysosome in coronaviral propagation (Ou et al., 2020). Taken together, these data emphasize the importance of both PIP lipids and the V-ATPase in immunity. They indicate multiple intersections between PI(3,5)P2 production and the acidification of compartments required for antigen presentation and pathogen killing. Future experiments are needed to determine whether it is possible that PI(3,5)P2 is essential for fusion of lysosomes with the maturing phagosome in certain settings and/or directly activating the V-ATPase in others.



Cancer

Both V-ATPases and PIPs play important signaling roles in cancer (Stransky et al., 2016; Goncalves et al., 2018), but they also exhibit critical interactions in the endomembrane system that may not be directly related to signaling. Certain cancers are addicted to autophagy, and treatment with the weak base chloroquine inhibited growth of pancreatic tumors in mice (Yang et al., 2011). The importance of V-ATPase function and Vps34-containing complexes in autophagy are described above. V-ATPase activity is upregulated in cancer, and this upregulation is associated with both drug resistance and metastasis in a number of cancers (Stransky et al., 2016). Upregulation of lysosomal V-ATPases enhances drug resistance by promoting sequestration of chemotherapeutics. In addition, three of the four mammalian a-subunit isoforms have been implicated in recruitment of their V-ATPase subpopulations to the plasma membrane. In cancer cells with oncogenic RAS activation mutations, which require metabolic adaptations, recruitment of V-ATPases containing the a3 isoform to the plasma membrane was essential for inducing nutrient uptake by macropinocytosis (Ramirez et al., 2019). In human breast cancer, upregulation of the a3 isoform is associated with increased invasion and metastasis, and V-ATPases containing a3 are recruited to the plasma membrane in cancer cells but not in normal breast epithelial cells (Cotter et al., 2016). In a mouse breast cancer model, V-ATPases containing the a4 subunit isoforms were recruited to the plasma membrane (McGuire et al., 2019). In a prostate cancer cell line, both the a1 and the a3 subunit isoforms were shown to recruit from different compartments to the plasma membrane (Smith et al., 2016). In each of these cell types, V-ATPases containing the a-subunit isoforms occupied internal compartments, where they may have contributed to cell proliferation, but were also recruited to the plasma membrane, potentially to assist with pH homeostasis and reduce extracellular pH. Interestingly, recruitment to the plasma membrane would require them to function in a very different lipid environment. Specifically, V-ATPases containing the a1 and a3 generally occupy late endosomes and lysosomes enriched in PI(3)P and PI(3,5)P2, and movement to the plasma membrane requires them to function in the absence of these lipids (Smith et al., 2016). It will be intriguing to see if the altered lipid environment could make these V-ATPases less responsive to certain stresses than they would be in their normal organelle environment.



Future Directions

Recent evidence indicates that PIPs and V-ATPase both serve as critical components of organelle identity, and play central roles in pH and endomembrane homeostasis. Dissecting direct and indirect roles of PIPs in V-ATPase regulation requires both an assessment of which populations of mammalian V-ATPases show PIP-dependent localization, activity, or regulation, and generation of tools such as mutants defective in specific PIP interactions to test the importance of those functions in various cell types. Although V-ATPases are attractive therapeutic targets in diseases ranging from cancer to osteoporosis, pursuing their potential as targets has been difficult because of toxicity associated with total loss of V-ATPase activity in mammals. PIP interactions characteristic of V-ATPase subpopulations could provide a novel mechanism for inhibiting specific V-ATPase subpopulations.
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Membrane fusion mediates a number of fundamental biological processes such as intracellular membrane trafficking, fertilization, and viral infection. Biological membranes are composed of lipids and proteins; while lipids generally play a structural role, proteins mediate specific functions in the membrane. Likewise, although proteins are key players in the fusion of biological membranes, there is emerging evidence supporting a functional role of lipids in various membrane fusion events. Intracellular membrane fusion is mediated by two protein families: SNAREs and membrane-bound GTPases. SNARE proteins are involved in membrane fusion between transport vesicles and their target compartments, as well as in homotypic fusion between organelles of the same type. Membrane-bound GTPases mediate mitochondrial fusion and homotypic endoplasmic reticulum fusion. Certain membrane lipids, known as regulatory lipids, regulate these membrane fusion events by directly affecting the function of membrane-bound GTPases, instead of simply changing the biophysical and biochemical properties of lipid bilayers. In this review, we provide a summary of the current understanding of how regulatory lipids affect GTPase-mediated intracellular membrane fusion by focusing on the functions of regulatory lipids that directly affect fusogenic GTPases.
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INTRODUCTION

Membrane fusion is a vital step of a variety of fundamental processes in the cell and can be defined as a merger of two membrane-enclosed compartments into a single compartment. Membrane fusion is catalyzed by either a single protein or a series of proteins. Two types of fusogenic proteins are involved in most intracellular fusion events: SNAREs catalyze most of the membrane fusion events that occur during intracellular vesicle trafficking, while membrane-bound GTPases mediate the homotypic fusion of organelles such as the endoplasmic reticulum (ER) and mitochondria. These GTPases belong to a dynamin-like GTPase superfamily with conserved domain compositions and structures (Yan et al., 2015). The members of this family are mechanochemical GTPases that participate in the fusion and fission of membranes (Praefcke and McMahon, 2004). Here, we focus on dynamin-like fusogenic GTPases, including mitofusins (MFNs) and atlastins (ATLs), which share common features but act in different parts of the cell.

While proteins generally act as catalysts during membrane fusion, lipids have been long known to play a structural role. However, there is emerging evidence that lipids can also regulate membrane fusion events directly. These lipids, such as diacylglycerol, phosphatidic acid, phosphoinositides, and sterols, play more functional roles than structural roles during membrane fusion and thus are termed “regulatory lipids” (Fratti et al., 2004). The structures and physical properties of these regulatory lipids often differ from those of structural phospholipids; specifically, structural phospholipids take the form of cylinders with a typical phosphate head group and two acyl chains, while regulatory lipids display differential head group sizes and numbers of acyl chains and charges, resulting in different overall shapes of the lipids. In addition, regulatory lipids often contribute to the formation of microdomains on membranes, thereby affecting their physiochemical properties (Munro, 2003). These microdomains play an important role in membrane fusion by serving as fusion sites at which lipid rearrangement and bilayer mergers occur (Lang et al., 2008). Regulatory lipid-containing microdomains are believed to control membrane fusion mainly by changing the fluidity and curvature of the membrane, making it more prone to fusion (Zhukovsky et al., 2019). However, recent studies revealed that regulatory lipids also control membrane fusion by physically interacting with fusogenic proteins and thereby affecting their functions. There is indeed evidence for the direct involvement of regulatory lipids in GTPase-induced ER fusion and mitochondrial fusion through protein–lipid interactions. In this review, we describe current knowledge of the mechanisms by which certain regulatory lipids affect GTPase-induced intracellular membrane fusion.



MITOFUSIN IS INVOLVED IN MITOCHONDRIAL OUTER-MEMBRANE FUSION

Mitochondria play a vital role in cellular homeostasis and survival by functioning as the key player in cellular ATP production, apoptosis regulation, and cell aging. Mitochondria normally exist as elongated tubules in the cytoplasm, undergoing constant fusion and fission (Bereiter-Hahn and Voth, 1994; Sesaki and Jensen, 1999; Shaw and Nunnari, 2002). Maintenance of the normal mitochondrial morphology is critical for their function, and mitochondrial dysfunction is associated with neurodegenerative disorders such as Parkinson’s and Huntington’s diseases (Chen and Chan, 2009). Because mitochondria are enclosed by outer- and inner-membranes with distinct roles, the mechanism by which fusion and fission of these two membranes are coordinated is a long-standing question. Fusion of the mitochondrial outer-membrane is controlled by the dynamin-like GTPases MFN1 and MFN2 in mammals and Fzo1p in yeast (Hermann et al., 1998; Rapaport et al., 1998; Ishihara et al., 2004; Koshiba et al., 2004), whereas OPA1/Mgm1p controls fusion of the inner-membrane (Alexander et al., 2000; Delettre et al., 2000; Olichon et al., 2003; Wong et al., 2003). Although fusion of the outer- and inner-membranes are mechanistically distinct events (Meeusen et al., 2004), they are tightly inter-regulated (Cipolat et al., 2004). In yeast, Fzo1p and Mgm1p cooperate to coordinate outer-membrane fusion and inner-membrane fusion (Sesaki et al., 2003; Sesaki and Jensen, 2004; Coonrod et al., 2007), and these two events are thought to be synchronized by Ugo1p (Hermann et al., 1998; Wong et al., 2003; Sesaki and Jensen, 2004). However, the exact mechanism involved in this process is still largely unknown, and a mammalian orthologue of Ugo1p is yet to be identified.

The first factor identified as a regulator of mitochondrial morphology was fuzzy onions (fzo) in Drosophila (Hales and Fuller, 1997). The mammalian homologues of fzo, MFN1 and MFN2, are similar in structure to each other, but these proteins seem to play separate roles in mitochondrial fusion (Santel and Fuller, 2001). Overexpression of MFN2 suppresses MFN1-induced mitochondrial tubulation (Eura et al., 2003). MFNs consist of a large N-terminal GTPase domain followed by two heptad repeat (HR) domains. Although it is generally accepted that the HR domains are separated by two transmembrane domains, thus both face the cytoplasm (Rojo et al., 2002; Li et al., 2019), a different topology of MFNs was also suggested (Mattie et al., 2018). In a working model for MFN1-induced fusion, MFN1 proteins in the fusing membranes form a homodimer via their GTPase domains upon GTP hydrolysis (Cao et al., 2017; Yan et al., 2018). This homodimerization induces a drastic conformational change of MFN1, resulting in close apposition and the subsequent merger of the membranes (Yan et al., 2018). The HR domains of MFNs (HR1 and HR2) are structurally similar to the SNARE domain of SNARE proteins, well-characterized fusogens involved in intracellular vesicle fusion (Bonifacino and Glick, 2004). Structural studies revealed that the HR domains of MFNs which consist of repeats of seven amino acids, form amphiphilic helices that potentially interact with each other by building coiled-coil structures, similar to the formation of trans-SNARE complexes between apposed membranes (Koshiba et al., 2004; Daste et al., 2018). Notably, HR1 and HR2 play distinct roles as follows: the HR2 domain forms an antiparallel dimer with another HR2 domain on the opposing membrane, which mediates docking between the two membranes (Koshiba et al., 2004), whereas the amphiphilic property of the HR1 domain enables it to bind to the surface of the membrane and perturb its structure, thereby facilitating membrane fusion (Daste et al., 2018). Although this working model by which MFN1 mediates mitochondrial membrane fusion has been widely accepted, the exact mechanism by which the HR domains facilitate fusion remains largely unclear.



PHOSPHATIDIC ACID AND MITOFUSIN-MEDIATED FUSION

Phosphatidic acid (PA) constitutes approximately 5% of the mitochondrial membrane. PA has a relatively small head group and thus becomes a cone-shaped lipid that spontaneously induces negative membrane curvature when present in lipid bilayers (Kooijman et al., 2005). There are two ways through which PA is incorporated into the mitochondrial membrane: first, the majority of PA molecules are transferred from the ER to the mitochondrial outer-membrane, presumably through ER-mitochondrial contact sites, such as ERMES in yeasts (Murley and Nunnari, 2016; Petrungaro and Kornmann, 2019); second, a smaller number of PA molecules are generated in the mitochondrial membrane directly through enzymatic conversion of cardiolipin (CL) by mitochondrial phospholipase D (MitoPLD) (Choi et al., 2006). PA influences both fusion and fission of the mitochondrial outer-membrane, although its exact roles in these processes remain poorly characterized (Choi et al., 2006; Adachi et al., 2016). One plausible role of PA in membrane fusion is the introduction of negative curvature into the membrane, making its shape more favorable for fusion (Frohman, 2015). MitoPLD also seems to be important for mitochondrial outer-membrane fusion as follows: overexpression of MitoPLD aggregates mitochondria, indicating fusion of these structures, and RNAi-mediated knockdown of MitoPLD dramatically decreases mitochondrial fusion (Choi et al., 2006).

Although there is no direct evidence that PA physically interacts with MFN1 to mediate membrane fusion, overexpression of phospholipase A1, which converts PA to lysophosphatidic acid, triggers mitochondrial fragmentation, while its suppression induces elongation of mitochondria (Baba et al., 2014), suggesting that mitochondrial fusion and fission depend on the level of PA in the mitochondrial outer-membrane. Notably, PA interacts directly with the N-terminal amphipathic helix of the SNARE Spo20p, a yeast homologue of mammalian SNAP25, recruiting it to the site of fusion (Nakanishi et al., 2004; Horchani et al., 2014). Since the HR domains of MFN also contain 2 conserved amphipathic helices and bind to the lipid bilayer, it is possible that they also associate with PA directly to facilitate mitochondrial outer-membrane fusion (Figure 1; Cohen and Tareste, 2018). A direct interaction between PA and Ugo1p, a protein involved in the coordination of mitochondrial inner- and outer-membrane fusion, has been reported in yeast, and PA is required for the biosynthesis of Ugo1p (Vogtle et al., 2015). Thus, it can be speculated that PA promotes the generation of Ugo1p, thereby enriching Ugo1p at the fusion site where the yeast MFN Fzo1p is also recruited. Taken together, these studies suggest that PA can regulate MFN-induced mitochondrial outer-membrane fusion, although the exact mode of action remains yet to be clarified.
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FIGURE 1. Schematic model of mitochondrial outer-membrane fusion. Mitochondrial phospholipase D (MitoPLD, gray) converts cardiolipin (CL) to phosphatidic acid (PA) on the mitochondrial outer-membrane, thereby increasing the concentration of PA at the site of fusion. PA then interacts with the HR domains of mitofusins (blue) and recruits them to the fusion site to facilitate membrane fusion.




OPA1 IS INVOLVED IN MITOCHONDRIAL INNER-MEMBRANE FUSION

OPA1 is a major regulator of mitochondrial inner-membrane fusion, and its genetic mutation is the main cause of optic atrophy (Alexander et al., 2000; Delettre et al., 2000). Deletion or mutation of the genes encoding OPA1 and its yeast orthologue Mgm1p results in abnormal mitochondrial morphology (Olichon et al., 2003; Wong et al., 2003). OPA1/Mgm1p belongs to the dynamin-like GTPase family and includes a GTPase domain in the middle section, a transmembrane domain at the N-terminus, and a membrane-binding domain, called a paddle domain, at the C-terminus (Faelber et al., 2019). Although encoded by a single gene, OPA1/Mgm1p exists in the following two forms: the long isoform L-OPA1/Mgm1p and the short isoform S-OPA1/Mgm1p. Short isoforms are produced by proteolytic cleavage (MacVicar and Langer, 2016) and lack the transmembrane domain, thereby existing as soluble proteins in the intermembrane space of mitochondria. Although both the short and long forms participate in inner-membrane fusion (Meeusen et al., 2006; DeVay et al., 2009; Zick et al., 2009), they seem to play distinct roles. The short form readily hydrolyzes GTP to initiate membrane tethering, and its drastic conformational change triggers membrane fusion (Zick et al., 2009; Faelber et al., 2019). By contrast, although the long form lacks GTPase activity, it associates with and activates the GTPase activity of the short form. Furthermore, the transmembrane domain of the long form is required for its precise targeting to the mitochondrial inner-membrane (DeVay et al., 2009). However, a recent study revealed that the long form of OPA1 is sufficient to drive liposome fusion in a GTP-dependent manner (Ban et al., 2017), indicating that it also plays a direct role in fusion. Thus, although both forms of OPA1/Mgm1 are required for mitochondrial inner-membrane fusion (DeVay et al., 2009; Ban et al., 2017; Ge et al., 2020), it is unclear how they cooperate to mediate this process.



CARDIOLIPIN AND OPA1-MEDIATED FUSION

Cardiolipin is an important lipid that comprises approximately 25% of the inner-membrane and approximately 4% of the outer-membrane phospholipids (Ardail et al., 1990; Horvath and Daum, 2013). Unlike other phospholipids, CL has a unique chemical structure; it contains two phosphate head groups and four acyl chains, forming a symmetric structure. A number of reports have emphasized the importance of CL in mitochondrial inner-membrane fusion. For example, the inactivation of enzymes involved in CL synthesis generally causes morphological defects of mitochondria (Matsumura et al., 2018). In addition, CL regulates the mitochondrial morphology directly by facilitating the assembly of the dynamin-like GTPase OPA1/Mgm1p (DeVay et al., 2009; Rujiviphat et al., 2009; Joshi et al., 2012; Ban et al., 2017). Moreover, CL stimulates the GTPase activity of S-Mgm1p in a concentration-dependent manner, as evidenced by the finding that GTP hydrolysis by S-Mgm1p was higher in liposomes containing 20% CL than in liposomes containing 6% CL (DeVay et al., 2009). Similarly, enhanced GTP hydrolysis and S-OPA1 oligomerization were observed in the presence of CL (Ban et al., 2010). Compared with the short form of OPA1/Mgm1p, little is known about the long form, mainly because L-OPA1 is difficult to purify for biochemical studies. However, in a recent study, recombinant L-OPA1 was successfully purified from silk worm, and its function was assessed in vitro. Strikingly, this study reported that L-OPA1 was sufficient to drive fusion of liposomes containing 25% CL in a GTP-dependent manner. This fusion requires heterotypic interactions between L-OPA1 and CL in trans; specifically, L-OPA1 in a liposome binds to CL in another liposome (Ban et al., 2017; Ge et al., 2020). This result may explain why fusion was observed between mitochondria from OPA1-depleted cells and those from wild-type cells (Ban et al., 2017, 2018). Thus, CL may serve as a binding site for S/L-OPA1 heterodimers, thereby enabling these proteins to tether membranes and induce the subsequent fusion (Figure 2A).
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FIGURE 2. Schematic model of mitochondrial inner-membrane fusion. (A) GTP hydrolysis by OPA1/Mgm1p and the subsequent binding of OPA1/Mgm1p to CL are required for fusion of the mitochondrial inner-membrane. For cristae formation, the long form of OPA1/Mgm1p (L-OPA1/Mgm1p) forms a homodimer in trans. This process occurs independently of GTP hydrolysis. (B) L-OPA1/Mgm1p binds directly to CL in trans. This interaction induces the conformational change of L-OPA1/Mgm1p, allowing the short form of OPA1/Mgm1p (S-OPA1/Mgm1p) to associate with L-OPA1/Mgm1p. In turn, this interaction induces a conformational change of S-OPA1/Mgm1p to facilitate fusion.


L-OPA1 induces fusion only when it interacts with CL on the opposite membrane in trans. Therefore, it has been suggested that the CL-binding region of L-OPA1 is required for its recruitment to CL-enriched microdomains to facilitate fusion (Ban et al., 2017; Ge et al., 2020). Furthermore, a recent structural study of S-Mgm1p revealed that the CL-binding site lies on the GTPase domain, and its positively charged residues on the surface participate in electrostatic interactions between negatively charged lipids (Yan et al., 2020). Therefore, it is possible that the interaction of L-Mgm1p/OPA1 with CL induces a conformational change in the protein to facilitate the formation of S/L-OPA1/Mgm1p heterodimers. It is also possible that this interaction enhances the GTPase activity of Mgm1p/OPA, which then supports efficient fusion (Figure 2B).

A similar mode of action in promoting yeast vacuole fusion was observed for the Phox homology domain of the SNARE Vam7p. This domain binds phosphatidylinositol 3-phosphate (PI(3)P) on the vacuolar membrane, resulting in the accumulation of Vam7p at PI(3)P-rich regions, where it forms trans-SNARE complexes with other SNARE proteins to promote vacuole fusion (Cheever et al., 2001). In addition, the interaction between PI(3)P and the Phox homology domain of Vam7p is thought to cause a conformational change in Vam7p, which may enhance its interaction with other fusion components (Cheever et al., 2001; Miner et al., 2016).



ATLASTIN IS INVOLVED IN ER FUSION

The ER, a large but single organelle that spreads throughout the cytoplasm, is the major site of lipid synthesis, protein folding, and protein quality control (Baumann and Walz, 2001; Ellgaard and Helenius, 2003). Although enclosed by a single, continuous lipid bilayer, the ER exists in the following two distinct forms: a sheet like structure surrounding the nucleus and a tubular network dispersed throughout the cytoplasm (Voeltz et al., 2002). The tubular ER is a dynamic structure that constantly undergoes elongation, retraction, and fusion (Lee and Chen, 1988). The tubular structure of the ER seems to be important for its function because it enables distinct membrane contact sites with various organelles (Phillips and Voeltz, 2015). Maintenance of the proper morphology of the ER is thought to be important for normal cell physiology, and its disruption is often associated with neurological disorders such as hereditary spastic paraplegia (Namekawa et al., 2006; Salinas et al., 2008; Park et al., 2010).

Although the mechanism by which the tubular ER network is formed and maintained remains poorly understood, Yop1/DP1 and a class of proteins called reticulons are thought to play a critical role in generating the high membrane curvature required to form ER tubules (Voeltz et al., 2006; Hu et al., 2008). In addition, ATLs, which belong to the family of dynamin-like GTPases, are also thought to mediate the fusion of ER tubules (Orso et al., 2009) by forming three-way junctions of the tubules and thus generating the mesh-like structure of the ER. Drosophila ATL alone or yeast ATL (Sey1p) with either reticulon or DP1 is sufficient to recapitulate formation of the tubular ER network structure in vitro when reconstituted into synthetic liposomes (Powers et al., 2017). Furthermore, proteoliposomes reconstituted with purified Drosophila ATL, Sey1p, or the plant ATL Root Hair Defective 3 are able to fuse with each other, confirming that these proteins can function as genuine fusogens (Orso et al., 2009; Anwar et al., 2012; Zhang et al., 2013). However, human ATL1 is unable to induce liposome fusion, suggesting that additional proteins are required for ER membrane fusion in human cells (Wu et al., 2015). The fusogenic activities of the other human ATLs (ATL2 and ATL3) have not yet been investigated.

Atlastin family proteins contain a large N-terminal GTPase domain followed by three helical bundles, two transmembrane domains, and a short α-helix at the C-terminal end (Bian et al., 2011; Yan et al., 2015). The current model for ATL-induced membrane fusion is that upon GTP hydrolysis, the GTPase domain of ATL forms a homodimer with that of another ATL molecule on the apposed membrane, and their helix bundles then undergo dramatic conformational changes that bring the membranes into close proximity, which eventually induces the fusion of ER tubules (Bian et al., 2011; Yan et al., 2015; O’Donnell et al., 2017; Winsor et al., 2017). Although it is widely accepted that ATLs are sufficient to drive liposome fusion and are therefore the major fusogens for ER membrane fusion (Orso et al., 2009; Anwar et al., 2012; Zhang et al., 2013), a recent study using purified yeast ER microsomes suggested that additional factors are required for efficient ER fusion in vivo, at least in yeast (Lee et al., 2015). In this study, ER-resident SNAREs were critical for ER microsome fusion in vitro and for normal ER morphology in vivo. This finding is consistent with the observation that human ATL1 alone is insufficient to induce liposome fusion.



CHOLESTEROL AND ATLASTIN-MEDIATED FUSION

Cholesterol has a small hydrophilic head group and a bulky steroid backbone, and is a vital component of biological membranes. Accumulating evidence supports the importance of cholesterol in various fusion events, such as exocytosis (Wasser et al., 2007; Linetti et al., 2010) and viral fusion (Klug et al., 2017; Lee et al., 2017). Cholesterol is thought to participate in membrane fusion mainly by altering the biophysical properties of the membrane, such as the fluidity, thickness, curvature, and stability of lipid bilayers (Yang et al., 2016). In addition, cholesterol may also regulate membrane fusion by interacting directly with fusogenic proteins. Consistent with this idea, cholesterol promotes clustering of SNARE proteins at the site of fusion (Murray and Tamm, 2011; Enrich et al., 2015). Furthermore, some SNARE proteins contain cholesterol-binding motifs, such as CRAC [Cholesterol Recognition/interaction Amino acid Consensus sequence, (L/V)-X1–5-Y-X1–5-(K/R)] and CARC [an inverted CRAC motif, (K/R)-X1–5-(Y/F)-X1–5-(L/V)], in or near their transmembrane regions (Enrich et al., 2015), suggesting that cholesterol affects the function of SNAREs to facilitate membrane fusion by binding to them directly.

We recently revealed that ergosterol (yeast cholesterol) affects ER membrane fusion by interacting directly with Sey1p (Lee et al., 2019). The transmembrane domains of Sey1p contain two sterol-binding motifs, the R-W-L motif (a combination of basic [R], aromatic [W], and aliphatic [L/V] residues) and the CARC motif (Figure 3A). Furthermore, disruption of these sterol-binding motifs abolished the binding of sterols to Sey1p, severely reduced ER microsome fusion in vitro, and disrupted the normal ER morphology in vivo. Although the exact mechanism by which sterols stimulate Sey1p-medited ER fusion remains unclear, one possibility is that the interaction between the transmembrane domain of ATLs and cholesterol (or ergosterol in yeast) causes conformational changes of ATLs, making them more favorable for fusion. Consistent with this idea, mutant Sey1p lacking the sterol-binding motifs is unable to interact with Sec22p (Lee et al., 2019), an ER SNARE involved in Sey1p-dependent ER fusion (Lee et al., 2015), supporting the notion that the binding of cholesterol to Sey1p affects the overall conformation of the protein, resulting in modification of its fusogenic activity as well as of the profiles of its interacting proteins (Figure 3A). Notably, the transmembrane domain of the SNARE synaptobrevin-2 exists as two distinct forms, an open scissor form and a closed, parallel form, depending on the presence of cholesterol. This conformational transition modifies the fusogenic activity of the protein by changing the curvature of the surrounding membrane and possibly promotes complex formation with other SNAREs (Tong et al., 2009). Because ATLs contain two transmembrane domains, it is plausible that their conformations are affected by the presence of cholesterol similarly to that of the transmembrane domain of synatobrevin-2. Furthermore, because potential sterol-binding motifs are found in all human ATL proteins, regulation of ATL activity by direct binding of cholesterol is likely to be evolutionarily conserved.


[image: image]

FIGURE 3. Schematic model of the role of ergosterol in Sey1p-mediated ER membrane fusion in yeast. (A) Sey1p interacts directly with ergosterol through its sterol-binding motifs, CARC and R-W-L. This interaction may promote transition of the transmembrane domains of Sey1p from an open, scissor-like configuration to a closed, parallel configuration. The conformational change may also increase the binding affinity of Sey1p for the ER SNARE Sec22p, recruiting more Sec22p proteins to the fusion site to enable efficient fusion. (B) Ergosterol is synthesized by a series of sterol biosynthetic enzymes, including Erg4p and Erg11p. Sey1p interacts with Erg4p/Erg11p and thus recruits them to the fusion site, increasing the local concentration of ergosterol. In turn, this process recruits more Sey1p and Sec22p proteins to the site of fusion, and this positive loop may greatly facilitate ER fusion.


We also found that Sey1p interacts physically with Erg4p and Erg11p, enzymes involved in the biosynthesis of ergosterol, which raises the possibility that Sey1p acts to increase the local concentration of ergosterol at the fusion site (Lee et al., 2019). In turn, this process not only stimulates the pre-existing Sey1p molecules for efficient fusion, but also recruits more Sey1p molecules and interacting proteins such as Sec22p to the site of fusion (Figure 3B). In support of this concept, ER subdomains containing Rab10, which reportedly mediates fusion between ER tubules in mammalian cells, are enriched in ER enzymes that regulate phospholipid synthesis, including phosphatidylinositol synthase and choline/ethanolamine phosphotransferase 1, which converts diacylglycerol precursors to phosphatidylethanolamine and phosphatidyl-choline (English and Voeltz, 2013).

In addition to the direct participation of cholesterol in ATL-mediated ER fusion, structural and biochemical studies of Drosophila ATL have suggested that a direct interaction of the C-terminal tail of ATL with lipid bilayers plays an important role in ER membrane fusion (Moss et al., 2011; Liu et al., 2012). In one of these studies, deletion of the short C-terminal tail of Drosophila ATL almost completely abolished the fusion of phosphatidylcholine:phosphatidyl-serine (PC:PS) proteoliposomes (Moss et al., 2011). The C-terminal tail of ATL is predicted to form an amphiphilic helix, which is very likely to be embedded into the lipid bilayer, thereby affecting the curvature and the stability of the membrane (Drin and Antonny, 2010). Indeed, the hydrophobic residues of the C-terminal tail of ATL interact directly with the hydrophobic side of the lipid bilayer (Liu et al., 2012). Similar observations were made for the plant ATL Root Hair Defective 3, which contains a conserved C-terminal tail that is required for ER targeting and efficient ER membrane fusion, implying that the C-terminal region is inserted into the lipid bilayer, as seen in Drosophila ATL-mediated fusion (Sun and Zheng, 2018). Although it is unclear how the C-terminal tail of ATL functions during ER membrane fusion, its insertion into the membrane may perturb the lipid bilayer, making it more prone to membrane fusion (Liu et al., 2012; Faust et al., 2015). However, it was reported that the necessity of the C-terminal tail of ATL for membrane fusion became less stringent when phosphatidylethanolamine (PE), a non-bilayer-prone lipid, was added to PC:PS proteoliposomes (Faust et al., 2015). This result suggests that although the C-terminal tail of ATL facilitates fusion, it is not essential for ER membrane fusion in vivo, as ER membranes contain significant amounts of non-bilayer-prone lipids such as phosphatidylethanolamine, cholesterol, and diacylglycerol (van Meer et al., 2008). In particular, Sey1p-mediated liposome fusion is highly susceptible to the omission of PE or ergosterol (Sugiura and Mima, 2016; Lee et al., 2019).



DISCUSSION

This review describes the role of regulatory lipids in GTPase-mediated intracellular membrane fusion, focusing on examples of how these lipids affect proteins involved in membrane fusion processes. Some regulatory lipids facilitate membrane fusion by serving as an anchoring site for partner proteins and thus concentrating them at the site of membrane fusion, while others may bind directly to fusion proteins and modulate their fusogenic activity. Although lipids and proteins are both key players of membrane fusion, we have only just started to understand how their interactions control membrane fusion, and much remains to be clarified. A number of fusogenic proteins have potential lipid-binding domains or motifs; however, further studies are required to determine whether they indeed bind to lipids and how their interactions affect membrane fusion. In a recent report (Lee et al., 2019), we demonstrated that the yeast ATL Sey1p contains two sterol-binding motifs near its transmembrane domains. Disruption of these motifs severely abrogates Sey1p-mediated ER fusion, suggesting that the binding of sterols affects the fusogenic function of Sey1p. We also found that all three human ATL proteins contain two potential sterol-binding motifs. It would be interesting to investigate whether human ATLs associate directly with cholesterols, and whether this interaction influences their fusogenic activity. A study by Joji Mima’s laboratory showed that Sey1p-mediated liposome fusion is stimulated by other regulatory lipids, such as phosphatidylinositol and PA (Sugiura and Mima, 2016). It would therefore also be interesting to investigate how these lipids regulate Sey1p-mediated fusion. Compared with current knowledge of the role of regulatory lipids in ATL-mediated ER fusion, much less is known about how regulatory lipids control GTPase-mediated mitochondrial fusion. Recent advances in research tools for lipid studies and microscopy will guarantee a deeper and more comprehensive understanding of how regulatory lipids dictate GTPase-mediated intracellular membrane fusion events.
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It is widely recognized that an alteration in membrane physical properties induced by the adsorption of various drugs and biologically active compounds might greatly affect the functioning of peptides and proteins embedded in the membrane, in particular various ion channels. This study aimed to obtain deep insight into the diversity of the molecular mechanisms of membrane action of one of the most numerous and extremely important class of phytochemicals, the alkaloids. Protoalkaloids (derivatives of β-phenylethylamine, benzylamines, and colchicines), heterocyclic alkaloids (derivatives of purine, quinolysidine, piperidine, pyridine, quinoline, and isoquinoline), and steroid alkaloids were tested. We evaluated the effects of 22 compounds on lipid packing by investigating the thermotropic behavior of membrane lipids and the leakage of a fluorescent marker from unilamellar lipid vesicles. The alteration in the transmembrane distribution of the electrical potential was estimated by measuring the alkaloid induced changes in the boundary potential of planar lipid bilayers. We found that benzylamines, the chili pepper active components, capsaicin and dihydrocapsaicin, strongly affect not only the elastic properties of the lipid host, but also its electrostatics by dramatic decrease in membrane dipole potential. We concluded that the increase in the conductance and lifetime of gramicidin A channels induced by benzylamines was related to alteration in membrane dipole potential not to decrease in membrane stiffness. A sharp decrease in the lifetime of single ion pores induced by the antifungal lipopeptide syringomycin E, after addition of benzylamines and black pepper alkaloid piperine, was also mainly due to the reduction in dipole potential. At the same time, we showed that the disordering of membrane lipids in the presence of benzylamines and piperine plays a decisive role in the regulation of the conductance induced by the antifungal polyene macrolide antibiotic nystatin, while the inhibition of steady-state transmembrane current produced by the antimicrobial peptide cecropin A was attributed to both the dipole potential drop and membrane lipid disordering in the presence of pepper alkaloids. These data might lead to a better understanding of the biological activity of alkaloids, especially their action on voltage-gated and mechanosensitive ion channels in cell membranes.

Keywords: alkaloids, lipid bilayers, ion channels, lipid melting, membrane dipole potential, curvature stress


INTRODUCTION

The diversity of the biological effects of phytochemicals, including alkaloids, ensures their huge therapeutic potential: they have been demonstrated to have antimalarial, antimicrobial, antitumor, antidiabetic, antihypertensive, antiarrhythmic, anticholestatic, anesthetic, analgesic, anti-inflammatory, immunomodulating, neuroprotective and many other pharmacologically beneficial properties. Thousands of publications per year devoted to the effects of alkaloids make it practically impossible to overview their pharmacological significance in this paper. For illustration, we cite some selected works from recent years: Clark and Lee (2016), Isah (2016), Kluska et al. (2016), Sultana and Asif (2017), Tsuchiya (2017), Hussain et al. (2018), Shin et al. (2018), Tiwari et al. (2018), Alasvand et al. (2019), Patil et al. (2019), Dembitsky et al. (2020), Li et al. (2020), Rasouli et al. (2020), Shinjyo et al. (2020), Tao et al. (2020), and Tew et al. (2020).

Alkaloids are characterized by significant structural diversity. They are usually divided into several major groups (Aniszewski, 2007). Here, we tested both heterocyclic alkaloids (derivatives of purine, quinolizidine, pyridine, tropane, quinoline, isoquinoline, piperidine, and indole alkaloids), and protoalkaloids with the nitrogen in the side chain (colchicine, benzylamines, and β-phenylethylamine derivatives). Pseudoalkaloids of the steroid type were also tested.

Accumulated literature data suggest that the mechanisms of the influence of alkaloids are very diverse; however, in most cases, the cell membrane might be the primary target of action. The amphiphilic nature of alkaloids might contribute to their incorporation into cell membranes, alterations in the physicochemical properties of the membrane lipid bilayer, and, consequently, in the activity of various receptors, ion channels, and enzymes. This hypothesis can be verified using artificial lipid membranes. In particular, it is widely recognized that some alkaloids might affect the elastic characteristics of the lipid environment. For example, using NMR spectroscopy, it was established that quinine causes a significant drop in the melting temperature of dipalmitoylphosphatidylcholine (DPPC) due to its deep intercalation into the bilayer and significant disordering of the acyl chains of membrane lipids (Zidovetzki et al., 1989). Small-angle X-ray diffraction data and fluorescence polarization measurements showed the DPPC transition from a gel to the interdigitated phase under the action of atropine (Hao et al., 1998). Using numerous methods including differential scanning microcalorimetry, X-ray diffraction, fluorescence probe spectroscopy and NMR, it was found that capsaicin significantly affects the phase behavior of phosphocholines and phosphoethanolamines (Aranda et al., 1995; Torrecillas et al., 2015). In detail, capsaicin significantly reduces the temperature and the cooperatively of dimyristoylphosphocholine (DMPC) and DPPC transition from the ripple to the fluid phase (Aranda et al., 1995; Swain and Mishra, 2015). The observed deconvolution of the main peaks indicates the existence of several mixed alkaloid-lipid phases at high alkaloid concentrations. Moreover, capsaicin provokes the formation non-lamellar inverted hexagonal phases by phosphoethanolamines, probably due to the induction of negative spontaneous curvature of lipid monolayers (Aranda et al., 1995; Ingolfsson and Andersen, 2010). Using molecular modeling and X-ray diffraction, it was established that caffeine interacts with model membranes composed of phosphocholines and phosphoglycerols (Paloncýová et al., 2013; Khondker et al., 2017). The authors demonstrated that the xanthine molecules are located in the region between lipid “heads” and “tails.” The interaction of the alkaloid with the water molecules associated with the neighboring lipids leads to a local increase in bilayer hydration, an increase in the thickness of the membrane and a decrease in its fluidity (Khondker et al., 2017). Authors suggest that the non-specific interaction of caffeine with the lipid bilayer should affect the membrane activity of anesthetics. This assumption is consistent with the data of calorimetry and molecular dynamics showing that caffeine significantly compensates for the disordering effect of tetracaine (Sierra-Valdez et al., 2013). Differential scanning calorimetry data showed that the alkaloid solasodine affects the cooperativity of the phase transition of DMPC, dimyristoylphosphatidylethanolamine and dimyristoylphosphatidylserine in a concentration-dependent manner (Manrique-Moreno et al., 2014). Thus, it has been determined that alkaloid disorders the membrane lipid bilayer.

It was previously shown that, in addition to the pronounced effects on the elastic properties of membranes, another phytochemicals, i.e., flavonoids, can significantly affect the distribution of electric potentials in the bilayer, and consequently, the ion channels (Luchian and Mereuta, 2006; Asandei et al., 2008; Mereuta et al., 2008, 2011; Efimova and Ostroumova, 2012; Ostroumova et al., 2013, 2015; Efimova et al., 2014a, 2018c). To better understand the molecular mechanisms of alkaloid action, here we have evaluated the quantitative changes in the various physical characteristics of membrane, boundary potential and lipid packing, upon the adsorption of different alkaloids. The effects of 22 compounds (Figure 1) were carefully documented. We also examined the role of the observed changes in the elastic and electric properties of the lipid microenvironment in the function and regulation of ion channels induced by antimicrobial agents.
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FIGURE 1. The chemical structures of the tested alkaloids.




RESULTS AND DISCUSSION


Membrane Electrostatics


Membrane Boundary Potential

Figure 2A illustrates the dependence of the magnitude of reduction in the boundary potential of bilayers composed of pure POPC and bathed in 0.1 M KCl (5 mM HEPES-KOH, pH 7.4) on the concentration of different alkaloids. According to the effects, alkaloids should be divided into three groups: those with pronounced modifying properties (dihydrocapsaicin, and capsaicin), with moderate or weak effects (piperine, theophylline, synephrine, hordenine, colchicine, quinine, melatonin, 1,7-dimethylxanthine, 3-isobutyl-1-methylxanthine, and conessine), and those that have practically no ability to influence the membrane boundary potential (cotinine, tabersonine, 7-(β-hydroxyethyl)theophylline, atropine, 3,9-dimethylxanthine, pentoxifylline, lupinine, berberine, caffeine, and solanidine). One may notice that the dependences are close to linear at low alkaloid concentrations and tend toward saturation at high concentrations. Earlier, we showed that the adsorption of different membrane modifiers, including plant flavonoids, thyroid hormones, and xanthene dyes, onto phospholipid bilayers is adequately described by a Langmuir adsorption isotherm with characteristic parameters: the maximum changes in the membrane boundary potential at an infinitely high concentration of membrane modifier [−Δφb(max)] and the desorption/dissociation constant, which represents a meaningful number for the affinity of membrane modifier to the lipid (K) (Efimova and Ostroumova, 2012; Efimova et al., 2014b, 2018c). This approach has been successfully applied to the data presented in Figure 2A. Table 1 shows the values of −Δφb(max) and K. Obtained K-values are in the range from 10 to 80 μM indicating that alkaloids are able to reduce the boundary potential of lipid bilayers at an order of magnitude higher concentrations than plant flavonoids (the constants K of alkaloids are an order of magnitude higher compared to those of flavonoids) (Efimova and Ostroumova, 2012, 2015; Ostroumova et al., 2013; Efimova et al., 2014b, 2018c). This discrepancy cannot be explained in terms of differences in the lipophilicity of plant metabolites expressed in the logarithm of the octanol/water partition coefficients (LogPo/w); for example, the most effective agents among flavonoids and alkaloids, phloretin and capsaicin, are characterized by close logarithms of the octanol/water distribution coefficients at pH 7.4 (LogDo/w) predicted by ChemAxon calculation (3.79 and 3.75, respectively). The dissociation constant K calculated from the φb-changes describes only the electrical aspects of adsorption of the molecules to lipid membranes and does not take into account the adsorption, which does not lead to a change in the potential jump, in particular, at a high surface density, as well as preferable localization of modifiers in the lipid bilayer or their transmembrane permeation (Cseh et al., 2000).
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FIGURE 2. (A) Dependence of the decrease in the boundary potential of the membrane (–Δφb) on the concentration (C) of different alkaloids in the membrane bathing solution. The membranes were made from POPC, bathed in 0.1 M KCl, pH 7.4, and modified by nonactin. V = 50 mV. The relation between the color symbol and the compound is given on the figure. (B) Dependence of the reduction in the dipole potential of the POPC membranes (–Δφd) on the concentration in the liposome bathing solution (C) of different alkaloids having the distinguishable boundary potential modifying ability (>10 mV). The membranes were modified with the dipole-sensitive fluorescence probe di-8-ANEPPS. The relation between the color symbol and the compound is the same as on panel (A).



TABLE 1. The parameters characterized the effects of alkaloids on the physical properties of lipid bilayers: Δφb(max) – the maximum changes in the boundary potential of POPC-membranes, K – the desorption constant of alkaloid, Δφd(max) – the maximum changes in the dipole potential of POPC-membranes; ΔTp – the changes in the DPPC pre-transition temperature, ΔTm – the changes in the main transition temperature; ΔT1/2 – the changes in the half-width of the main peak at a lipid:alkaloid molar ratio of 10:1; RFmax – maximal leakage of calcein from unilamellar POPC vesicles.
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Membrane Dipole Potential

It should be noted that the boundary potential of the membrane (which can be estimated by measuring K+-nonactin induced membrane conductance of planar lipid bilayers) consists of two components: the surface potential, φs, which is generated by the charged head groups of phospholipids and the adsorbed ions and charged molecules at the interface, and the dipole potential, φd, which is related to the chemical structure of the interface, orientation, and hydration of the polar lipid headgroups (Gawrisch et al., 1992; Wang, 2012; Ermakov and Nesterenko, 2017). The measurements of the dipole potential using a dipole-potential-sensitive lipid fluorescence probe, di-8-ANEPPS (Gross et al., 1994), may provide additional information regarding which component of the membrane boundary potential is responsible for the regulation of ion transport through membranes after the adsorption of alkaloids that are characterized by the ability to modify the membrane boundary potential. Figure 2B presents the dependences of the diminution in dipole potential of POPC bilayers upon the adsorption of tested alkaloids. The maximal decrease in φd upon addition of dihydrocapsaicin, capsaicin, piperine, theophylline, synephrine, quinine, hordenine, melatonin, colchicine, 3-isobutyl-1-methylxanthine, 1,7-dimethylxanthine, and conessine are presented in Table 1. Comparing Δφb(max) and Δφd(max) absolute values one can conclude that dipole potential makes the main contribution to the potential drop at the interface after the adsorption of alkaloids, despite the fact that some of tested alkaloids have a nonzero charge at pH 7.4 basing on their pKa-values (Supplementary Table 1S).



The Relation of the Dipole-Modifying Ability to the Lipophilicity and Polarity of Alkaloid Molecules

The octanol/water partition coefficient (or the distribution coefficient referring to the ionized species) and the dipole moment are generally used as a measure of lipophilicity and polarity of organic molecules. Supplementary Table 1S presents the logarithm of octanol/water distribution coefficients of tested alkaloids at pH 7.4, LogDo/w, predicted by ChemAxon, and the logarithm of their octanol/water partition coefficients at various conditions, LogPo/w, found in the literature. The correlation coefficients between LogDo/w and −Δφb(max) or −Δφd(max) values are 0.75 and 0.78, respectively. Relationships between LogPo/w and −Δφb(max) or −Δφd(max) values are characterized by slightly lower coefficients. Thus, a significant correlation is observed between the dipole-modifying ability and lipophilicity of alkaloids.

In addition to the affinity to the lipid phase, which determines the alkaloid concentration in the membrane, the dipole-modifying properties should depend on the polarity of adsorbed molecules. Supplementary Table 1S also shows the dipole moments of tested alkaloids calculated by HyperChem and their comparison with the available literature data. No correlation was found between the dipole moments of alkaloids, μ, and −Δφb(max) or −Δφd(max) values. The main reason for this discrepancy should be the prevailing role of the molecule and dipole moment vector orientation in the bilayer, and the depth of immersion of the alkaloid molecules into membrane. To support the assumption, the molecular dynamic simulations evaluated that the disordering and dipole-modifying effects of local anesthetics on the lipid bilayers depended on the preferential molecular location and orientation relative to membrane normal (Hogberg et al., 2007; Hogberg and Lyubartsev, 2008; Mojumdar and Lyubartsev, 2010; Zapata-Morin et al., 2014). Furthermore, the increase in dipole potential of the membrane induced by various styryl dyes of the RH series, RH 160, RH 237, RH 421, was associated with the depth of chromophore immersion into the bilayer (Malkov and Sokolov, 1996; Passechnik and Sokolov, 2002). Applying high-resolution magic angle spinning NMR spectroscopy Scheidt et al. (2004) investigated the membrane localization/orientation of flavonoid molecules which can define the antioxidant activity of plant polyphenolic compounds.

Thus, the pronounced boundary and dipole potential modifying ability of benzylamines, capsaicin and dihydrocapsaicin (about 100 mV, Table 1) might be presumably associated with the high lipophilicity and polarity of these molecules (Supplementary Table 1S), their orientation along the bilayer normal, and considerable immersion depth of these molecules into the bilayer (the vanillyl groups of capsaicin and dihydrocapsaicin interact with the carbonyls of lipid molecules) (Hanson et al., 2015).

A noticeable drop in the membrane boundary/dipole potential (20–50 mV, Table 1) in the presence of piperine, quinine, melatonin and colchicine should be also related to their marked lipophilicity and polarity (Supplementary Table 1S).

Comparing the dipole modifying properties of the xanthine derivatives, one may notice that caffeine (trimethylxanthine), pentoxifylline (3,7-dimethyl-1-(5-oxohexyl)xanthine), 7-(β-hydroxyethyl)theophylline, and 3,9-dimethylxanthine did not affect the membrane boundary/dipole potential (Table 1). Herewith, 1,7-dimethylxanthine, theophylline (1,3-dimethylxanthine), and 3-isobutyl-1-methylxanthine decreased φb and φd by 20–40 mV. Taking into account the significant dipole moments and the modest octanol/water partition coefficients of the xanthine derivatives (Supplementary Table 1S), one can conclude that the membrane-modifying effect is probably not related to the number and origin of the groups introduced into the xanthine structure, but rather due to the different orientation of the various derivatives in the bilayer. For example, trimethylxanthine (caffeine) was not characterized by the greater ability to decrease membrane boundary potential compared to dimethylxanthines (1,7-dimethylxanthine, 3,9-dimethylxanthine, and theophylline). Moreover, the introduction of two methyl groups into the different positions of xanthine core of the molecules of 1,7-dimethylxanthine, 3,9-dimethylxanthine, and theophylline led to strictly different dipole-modifying activity of the dimethylxanthines. Replacement of the methyl to more hydrophobic isobutyl group (theophylline vs. 3-isobutyl-1-methylxanthine) did not lead to an increase in the dipole-modifying ability of the derivative, but, on the contrary, caused its reduction. It is likely that the introduction of different groups into the highly polar xanthine molecule changes its orientation in the membrane, and, consequently, the projection of its dipole moment onto the normal to the surface of the lipid bilayer, which contributes to the changes in the boundary and dipole potential.

Probably, the orientation of dipole moment vector of steroid molecule in the membrane is also the key to understanding the different dipole-modifying ability of solanidine and conessine (Table 1) at almost the same polarity of the molecules and higher lipophilicity of inactive solanidine compared to more effective conessine (Supplementary Table 1S).

Similar to xanthine and steroid derivatives, a possible explanation for the distinguishable ability of 2-phenylethylamine derivatives, synephrine and hordenine, to affect the electric potential drop at the membrane-water interface (20–40 mV, Table 1) at the relatively low partition coefficients (Supplementary Table 1S) is not directly related to the perceptible magnitude of their dipole moments (ineffective cotinine and atropine are characterized by the higher μ-values than 2-phenylethylamine derivatives), but rather refers to the vector orientation in the bilayer.

The significant partition coefficient of tabersonine (about 1, Supplementary Table 1S) indicates that the absence of its influence on the membrane boundary/dipole potential (Table 1) is associated with the orientation of its dipole moments parallel to the membrane plane. Nevertheless, the relatively high lipophilicity of tabersonine suggests that this alkaloid affects other physical properties of the membranes, in particular, lipid packing.



Lipid Packing


Lipid Melting

Differential scanning calorimetry (DSC) heating endotherms illustrating the effects of the tested alkaloids on the thermotropic phase behavior of unilamellar DPPC-vesicles are presented in Figure 3. In the absence of any additives, the endotherm of DPPC exhibited two distinct events: a less energetic pretransition near 33.9°C and a more energetic main or chain-melting transition near 41.3°C. The first one is related to the conversion from the gel (Lβ′) to the ripple (Pβ′) phase, while the second one arises from the conversion from Pβ′ to the liquid crystalline (Lα) phase. Each event might be characterized by the maximum temperature (Tp and Tm, respectively) and the half-width of the peak (T1/2). The T1/2 of the second peak is related to the inverse cooperativity of the main transition (a narrow peek indicates complete cooperativity) and it is equal to 0.4°C for DPPC alone. The changes in the temperature of the pretransition (ΔTp) and main transition (ΔTm) of untreated DPPC vesicles in the absence and in the presence of the tested agents and the half-widths of the main peaks (ΔT1/2) are presented in Table 1.
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FIGURE 3. Heating DSC thermograms of DPPC liposomes in the absence (control) and presence of different alkaloids at the lipid:agent molar ratio of 10:1.


From Figure 3 and Table 1, one may notice that the addition of alkaloids differentially affected the pretransition. Caffeine, pentoxifylline 1,7-dimethylxanthine, 3,9-dimethylxanthine, 7-(β-hydroxyethyl)theophylline, lupinine, cotinine, and atropine had practically no influence on Lβ′–Pβ′ conversion at a lipid/peptide ratio of 10:1. The introduction of colchicine, hordenine, and synephrine significantly shifted the pretransition peak up to lower temperatures, by 2.5–3.2°C. In the presence of theophylline, 3-isobutyl-1-methylxanthine, quinine, berberine, piperine, melatonin, tabersonine, capsaicin, dihydrocapsaicin, solanidine, and conessine, the pretransition was abolished entirely in DPPC vesicles having a lipid/peptide ratio of 10:1. Severcan et al. (2005) also showed a disappearance of pretransition upon the addition of melatonin.

Caffeine, pentoxifylline, 1,7-dimethylxanthine, 3,9-dimethylxanthine, 7-(β-hydroxyethyl)theophylline, cotinine, and atropine did not affect the DPPC main transition at a lipid/peptide ratio of 10:1. These data are in agreement with the findings of Flaten et al. (2007) and Kafaheva et al. (1990) at a lipid/alkaloid ratio of 1.2:1; DSC experiments were performed with caffeine and atropine, respectively. The effects of theophylline, lupinine, and berberine on the Pβ′–Lα DPPC transition were weak (ΔTm and ΔT1/2 were less than 0.5°C). 3-isobutyl-1-methylxanthine, melatonin, hordenine, and synephrine markedly reduced Tm (on 0.7–1.0°C) and practically did not change T1/2 (the changes did not exceed 0.2°C). These data are in good accordance to the results of Severcan et al. (2005) who showed that, the main phase transition shifts to lower temperatures as the melatonin concentration is increased. DSC performed by de Lima et al. (2010) indicated that melatonin also induces a shift to a more fluid state of the hydrophobic region of egg phosphocholine even at the higher lipid/alkaloid ratio (880:1). Using Fourier transform infrared spectroscopy, Lebecque et al. (2018) showed that no Tm change was observed when hordenine was added to multilamellar vesicles made of DMPC. One can notice that among tested xanthine derivatives, only 3-isobutyl-1-methylxanthine demonstrated a significant effect on Tm which might be due to its hydrophobic branched hydrocarbon side chain.

The addition of tabersonine did not noticeably change Tm (the changes did not exceed 0.3°C), but increased T1/2 by 2.4°C. The presence of quinine, piperine, colchicine, capsaicin, dihydrocapsaicin, solanidine, and conessine led to a significant broadening of the main transition peak and a noticeable shift in Tm toward lower temperatures (both Tm and T1/2 were changed by more than 0.6°C). The ability to decrease Tm increased in the order quinine ≤ colchicine ≤ solanidine < conessine < piperine < dihydrocapsaicin < capsaicin. The ability to increase T1/2 increased in the order quinine ≈ conessine ≤ colchicine ≤ piperine ≤ solanidine < dihydrocapsaicin < capsaicin. Both effects (decrease in Tm and increase in T1/2) should reflect a reduction in membrane order induced by the intercalation of alkaloid molecules between the acyl chains of DPPC, which disrupts their regular packing. The similar conclusion was made by Torrecillas et al. (2015) using DSC, X-ray diffraction, 31P NMR, and 2H NMR spectroscopy to show that capsaicin increases the fluidity and disorder of DPPC membrane models. The efficiency of alkaloids to disorder membrane lipids should depend on their concentration in the bilayer. In confirmation, the correlation coefficients between LogDo/w or LogPo/w (Supplementary Table 1S) and −ΔTm- and ΔT1/2-values (Table 1) are in the range of 0.74–0.77, demonstrating the good correlation between the alkaloid ability to alter lipid packing and their lipophilicity.

Figure 3 also showed that the main peak in the presence of quinine, piperine, tabersonine, colchicine, capsaicin, dihydrocapsaicin, solanidine, and conessine composed of at least two components. This indicates the presence of some more phases appearing at lower temperatures richer in alkaloids. Moreover, a pronounced main peak deconvolution in the presence of capsaicin and dihydrocapsaicin is accompanied by a detectable decrease in enthalpy change.



Lipid Vesicle Leakage

Membrane disordering and a decrease in the lipid packing density should also lead to an increase in bilayer permeability, including the permeability of different fluorescent markers, in particular calcein. To confirm our DSC findings, we measured calcein leakage from large unilamellar vesicles made of POPC induced by different alkaloids (Supplementary Figure 1S). In the presence of 0.4 mM of caffeine, pentoxifylline, 1,7-dimethylxanthine, 3,9-dimethylxanthine, theophylline, 3-isobutyl-1-methylxanthine, 7-(β-hydroxyethyl)theophylline, lupinine, cotinine, atropine, melatonin, colchicine, hordenine, synephrine, and solanidine, the maximum relative release of the fluorescent marker (RFmax) did not exceed 10%. The efficacy to disengage the fluorescence marker from POPC vesicles increased in the following order: quinine ≈ berberine < piperine ≤ conessine < capsaicin ≤ dihydrocapsaicin < tabersonine. Table 1 presents the mean RFmax-values. Comparing effects of quinine, berberine, piperine, conessine, capsaicin, dihydrocapsaicin, and tabersonine on calcein leakage and DPPC melting one can notice a greater agreement between the efficiency of increasing membrane permeability for a fluorescent marker and the alteration in lipid melting cooperativity than between RFmax-values and the changes in the transition temperature. This observation might indicate that the decrease in a cooperativity of the main transition might be related not only to a total decrease in lipid packing density, but also to a membrane curvature stress produced by alkaloid intercalation. The predominant incorporation of alkaloids into the hydrophilic region of the membrane can disrupt the balance between polar and non-polar membrane regions and increase the permeability of the bilayer to calcein. In addition to dependence on concentration of the alkaloids in the membrane, the last effect should be presumably defined by the depth of their immersion. This is probably the reason for the moderate correlation between LogDo/w/LogPo/w and RFmax values (the coefficient is about 0.61–0.65).



Reconstituted Ion Channels

A detailed literature analysis of the effects of the tested alkaloids on ion channels in cell membranes has revealed the possibility of their lipid-mediated action (Lundbaek et al., 2005; Søgaard et al., 2006; Ingólfsson et al., 2014; Schmidt et al., 2018). It was found that a decrease in membrane stiffness in the presence of capsaicin is responsible for modulating the activity of voltage-dependent sodium channels (Lundbaek et al., 2005), GABA receptors (Søgaard et al., 2006), and degenerin/epithelial sodium channels such as ASIC1a, ASIC3, ENaC, and P2X2 (Schmidt et al., 2018). Ingólfsson et al. (2014) showed similar effects for mechano-sensitive channels of large conductance (MscL), the voltage-dependent potassium channel Kv2.1, and neuronal voltage-dependent sodium channels (NaV). Aréchiga-Figueroa et al. (2017) also proposed that the effects of capsaicin on Kv2.1 channel gating are mediated by changes in the physicochemical properties. Moreover, Ingólfsson et al. (2014) suggested that the effects of capsaicin on the cystic fibrosis transmembrane conductance regulator (CFTR), large-conductance calcium activated potassium channels (BK/Maxi-K), L-type calcium channels, and TRP channels might be due to cell membrane perturbation rather than specific protein binding. It should be noted that the mechanisms were mainly thought to be related to lipid bilayer elasticity (an increase in density in the head group region, membrane thinning, and increased bending); the modulation of transmembrane electric potentials were not discussed at all.


Gramicidin A and Syringomycin E Channels

To investigate the diversity of the mechanisms of alkaloid action on membrane protein function by altering the electrical characteristics of the lipid microenvironment, we used exogenous antimicrobial peptides as molecular force transducers. Among the alkaloids, we chose pentoxifylline, which did not show any effects on the physicochemical properties of the membranes, as well as piperine and synephrine, which were characterized by moderate modulating efficiency, and the alkaloids with the strongest effects on lipid media, capsaicin and dihydrocapsaicin (Table 1). Two ion channel types formed by gramicidin A (GrA) and syringomycin E (SyrE), known to be sensitive to alterations in the transmembrane distribution of electrical potentials, were tested. In model lipid membranes GrA forms channels with almost ideal cation permeability (Finkelstein and Andersen, 1981; Kelkar and Chattopadhyay, 2007). In contrast, SyrE channels are predominantly anion selective (Feigin et al., 1996; Schagina et al., 1998; Malev et al., 2002). These two probes are quite suitable for assessing the modulation of the electrical properties of the membrane by alkaloids. The decrease in dipole potential (with the hydrocarbon region being positive relative to the aqueous phase) is expected to diminish the electrostatic energy at the center of the pore for cations and increase for anions (Andersen et al., 1976). In fact, single-channel data by Rokitskaya et al. (1997) showed that the plant flavonoid phloretin, known to decrease the dipole potential, led to an increase in the amplitude and lifetime of GrA channels. Similar effects were found by Busath et al. (1998) using glycerylmonoolein bilayers with a less positive interfacial potential in the bilayer interior than diphytanoylphosphatidylcholine membranes. Using different dipole modifiers we showed that the reduction in the membrane dipole potential leads to a decrease in SyrE channel conductance and lifetime (Ostroumova et al., 2007).

Figures 4A,C show the recordings of current fluctuations corresponding to openings and closures of GrA and SyrE channels in POPC membranes in the absence (control) and in the presence of 0.4 mM dihydrocapsaicin at a transmembrane voltage of −200 mV. One can see that benzylamine led to a slight increase in GrA channel amplitude and an insignificant decrease in SyrE pore amplitude. The shielding effect of the peptide and lipid dielectrics depending on the pore geometry (Jordan, 1983; Malkov and Sokolov, 1996) is the reason for such moderate and weak changes in channel conductance upon the adsorption of dihydrocapsaicin, which reduces the membrane dipole potential on almost 90 mV (Figure 2B and Table 1). About 80% and 95% of dipole potential is shielded in GrA and SyrE channels, respectively (Ostroumova et al., 2008). Table 2 demonstrates the conductance values of GrA and SyrE channels in POPC membranes in the absence and presence of 0.4 mM pentoxifylline, piperine, capsaicin, dihydrocapsaicin, and synephrine at a transmembrane voltage of 200 mV. Figures 4B,D present the total conductance-voltage curves of GrA and SyrE channels before and after addition of tested alkaloids. One can see that alkaloids practically did not affect the G-V shape of both channel types excluding the interaction of alkaloids with peptides. Table 2 demonstrates that pentoxifylline and synephrine did not affect GrA channel amplitude. The addition of capsaicin and dihydrocapsaicin to the membrane bathing solution led to a 10–20% increase in GrA channel conductance. Thus, we might conclude that changes in bilayer electrostatics under the action of benzylamines underlie the increase in the conductance of GrA pores.
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FIGURE 4. (A,C) Current fluctuations corresponding to the openings and closures of single GrA (A) and SyrE channels (C) in the absence (control) and presence of 0.4 mM dihydrocapsaicin. V = −200 mV. C – closed state of the channel, O – open state of the channel. (B,D) G(V) curves of single GrA (B) and SyrE channels (D) in the absence (■) and presence of 0.4 mM piperine (♢), pentoxifylline (▼), synephrine (Δ), capsaicin (⚫), and dihydrocapsaicin (▶). The membranes were composed of POPC and bathed in 2.0 M KCl (pH 7.4) (A,C) and 1.0 M KCl (pH 7.4) (B,D).


From Figures 4A,C, one can also note an increase in the lifetime of the GrA channels and a sharp decrease in the duration of SyrE pores after the addition of dihydrocapsaicin. The observed effects could also be attributed to the modulation of the membrane dipole potential by the alkaloids. It was shown that, in contrast to the insignificant changes in channel conductance, the lifetime of the channels changed dramatically as a function of dipole potential, with a several-fold increase for GrA channels and a 100-fold reduction for SyrE channels (Rokitskaya et al., 1997; Ostroumova et al., 2007). In full qualitative and quantitative compliance, we measured about a two-fold increase in GrA channel lifetime and a decrease in the magnitude in SyrE pore duration by two orders of under the action of benzylamines (Table 2). The higher sensitivity of the lifetime of SyrE channels to the changes in the dipole potential allowed detecting the effects of piperine and synephrine, which were characterized by less pronounced dipole-modifying properties compared to benzylamines.



Cecropin A Channels

An antibacterial peptide cecropin A (CecA) induces ion channels that are also sensitive to the transmembrane distribution of electric potentials (Christensen et al., 1988; Efimova et al., 2014a). Figures 5A–C demonstrate that pentoxifylline and synephrine did not change the steady-state transmembrane current induced by CecA in DOPS/DOPE bilayers, while piperine, capsaicin, and dihydrocapsaicin inhibited the pore-forming activity of this antimicrobial peptide. Table 2 presents the mean I∞/I∞0 ratios of the CecA produced steady-state membrane current after and before alkaloid addition. One can see that piperine, capsaicin, and dihydrocapsaicin lead to a 3- to 10-fold decrease in the steady-state transmembrane current induced by CecA, while the mean I∞/I∞0 upon the addition of pentoxifylline and synephrine was about 1. Recently we have showed that pore-forming ability of CecA depends on the membrane dipole potential; its decrease leads to drop in the effective number of open CecA channels (Efimova et al., 2014a). The effects have been concluded to relate to changes in the energy barrier for the interfacial accumulation of CecA monomers; and the decrease in membrane dipole potential is thought to cumber the immersion of C-terminal peptide helices having partial negative charges (Efimova et al., 2014a). Piperine, capsaicin, and dihydrocapsaicin were characterized by similar effects on the boundary potential of DOPS/DOPE bilayers (60 ± 9, 90 ± 10, and 90 ± 10 mV, respectively) compared to POPC membranes (Table 1). Thus, the observed reduction of I∞ in the presence of pepper alkaloids was mainly due to the decrease in φd. It is believed that CecA forms ion channels by associating peptide monomers into conducting oligomers, which should make the process of pore formation sensitive to membrane stiffness (Christensen et al., 1988; Efimova et al., 2014a, 2018b). Considering the pronounced effect of piperine, capsaicin, and dihydrocapsaicin on the packing density of membrane lipids compared to pentoxifylline and synephrine, the decrease in I∞ might be also attributed to the destabilization of channel-forming CecA oligomers with a decrease in lipid packing density, which has been observed upon the introduction of some flavonoids, styryl dyes, and local anesthetics (Efimova et al., 2014a, 2018b).
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FIGURE 5. The effects of alkaloids on the steady-state transmembrane current flowing through membranes modified by CecA (A–C) and Nys (D–F). The moment of the addition of 0.4 mM piperine (A,D), dihydrocapsaicin (B,E), and capsaicin (C,F) to the bilayer bathing solution is indicated by an arrow. The lipid bilayers were composed of DOPS/DOPE (50/50 mol%) and bathed in 0.1 M KCl, pH 7.4 (A–C) or POPC/Chol (67/33 mol%) and bathed in 2.0 M KCl, pH 7.4 (D–F). V = 50 mV. Inserts: Current fluctuations of single CecA channels.




Nystatin Pores

To further demonstrate the possibility of the regulation of ion transport via channels due to the influence of alkaloids on lipid bilayer elasticity, we examined the pores induced by the polyene macrolide antibiotic nystatin (Nys). Added from one side of the POPC/Chol membrane, Nys forms single-length channels with a lipid mouth on the opposite side. The presence of a lipid mouth with a positive curvature results in high sensitivity of Nys channels to the membrane curvature stress induced by the adsorption of various agents (Chulkov et al., 2015; Efimova et al., 2018a). Figures 5D–F demonstrate the effects of the addition of piperine, capsaicin, and dihydrocapsaicin into the bathing solution up to 0.4 mM on the Nys-induced steady-state transmembrane current through Chol-enriched membranes (33 mol%). The addition of the tested alkaloids led to a 4- to 10-fold increase in Nys pore-forming activity, while the addition of pentoxifylline and synephrine practically did not affect the Nys-induced steady-state membrane current: the I∞/I∞0 ratio was about 1 (Table 2). It should be noted that piperine, capsaicin, and dihydrocapsaicin produced significant calcein leakage not only from POPC vesicles (Table 1) but also from POPC/Chol (67/33 mol%) liposomes (RFmax values are equal to 22 ± 2, 38 ± 2, and 52 ± 16%, respectively). These data might indicate that piperine, capsaicin, and dihydrocapsaicin promote the positive curvature of the lipid monolayer and facilitate pore formation by Nys, while pentoxifylline and synephrine do not. This assumption is in contradiction with previous data (Aranda et al., 1995; Ingolfsson and Andersen, 2010) showing that capsaicin enhances the tendency of phosphoethanolamine to form non-lamellar inverted hexagonal phases, suggesting that its adsorption increases the negative spontaneous curvature of lipid monolayers. However, our data are in agreement with representations of Ingólfsson et al. (2014), who considered an increase in density in the head group region, as well as membrane thinning and increased bending due to the introduction of capsaicin into the membrane.


TABLE 2. Regulation of ion channel functioning by different alkaloids: GSC – the conductance of single SyrE- or GrA-channels in the absence and presence of 0.4 mM alkaloid at V = 200 mV; τ – the dwell time of SyrE or GrA channels; I∞/I∞0 – the ratio of the transmembrane current induced by the CecA or Nys in the presence and in the absence of alkaloids at V = 50 mV.

[image: Table 2]In summary, the present study examined how a number of structurally diverse plant alkaloids (protoalkaloids (derivatives of β-phenylethylamine, benzylamines and colchicines), heterocyclic alkaloids (derivatives of purine, quinolysdine, piperidine, pyridine, quinoline and isoquinoline), and steroid alkaloids) alter the physical characteristics of lipid bilayers (membrane boundary potential and lipid packing) and properties of reconstituted ion channels formed by antimicrobial agents. We have provided clear evidence for alkaloid-mediated regulation of ion channel function by disturbing the lipid host. In addition to the possibility of the influence of alkaloids on nystatin channels by changing the elastic properties of the lipid matrix, especially by softening lipid bilayer, we have demonstrated for the first time the possibility of alkaloid-mediated regulation of peptide function by altering the distribution of the electric potential in the membrane. Specifically, we have shown the considerable effect of capsaicin and its close analog dihydrocapsaicin on the dipole potential of the membrane that plays a decisive role in the regulation of gramicidin A, syringomycin E and cecropin A channels. The dipole-modifying properties of piperine, theophylline, and synephrine, and the lipid disordering effects of piperine, tabersonine, and connesine should also be taken into the consideration of the possible mechanisms of their biological action.



MATERIALS AND METHODS


Chemicals

All chemicals used were of reagent grade. Synthetic 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC), 1,2-dioleyl- sn-glycero-3-phosphoethanolamine (DOPE), 1,2-dioleyl-sn-glycero-3-phosphoserine (DOPS), 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), and cholesterol (Chol) were obtained from Avanti Polar Lipids (Pelham, United States).

Atropine (endo-(±)-α-(hydroxymethyl)benzeneacetic acid 8-methyl-8-azabicyclo[3.2.1]oct-3-yl ester), piperine ((E,E) -5- (3,4- methylenedioxyphenyl)-2,4-pentadienoylpiperidide), (-)-lupinine ([(1R,9aR)-2,3,4,6,7,8,9,9a-octahydro-1H-quinolizin -1-yl]methanol), (-)-cotinine ((S)-1-methyl-5-(3-pyridyl)-2- pyrrolidinone), berberine chloride (5,6-dihydro-9, 10- dimethoxybenzo[g]-1,3-benzodioxolo[5,6-a]quinolizinium), quinine (6′-methoxycinchonidine), melatonin (N-acetyl-5-methoxytryptamine), caffeine (1,3,7-trimethylxanthine), 1,7- dimethylxanthine, 3,9-dimethylxanthine, theophylline (1,3- dimethylxanthine), 3-isobutyl-1-methylxanthine, 7-(β- hydroxyethyl) theophylline (1,3-dimethyl-7-(2-hydroxyethyl) xanthine), pentoxifylline (3,7-dimethyl-1-(5-oxohexyl)xanthine), hordenine (4-(2-dimethylaminoethyl)phenol), (±)-synephrine (1-(4-hydroxyphenyl)-2-methylaminoethanol), colchicine ((S)- N-(5,6,7,9-tetrahydro-1,2,3,10-tetramethoxy-9-oxobenzo [a] heptalen-7-yl)acetamide), capsaicin (8-methyl-N-vanillyl- trans- 6-nonenamide), dihydrocapsaicin (8-methyl-N-vanillylno -nanamide), tabersonine ((5α,12β,19α)-2,3,6,7-tetrahydro-aspidospermidine-3-carboxylic acid methyl ester), solanidine ((3β)-solanid-5-en-3-ol), conessine ((3β)-N,N-dimethyl-con-5-enin-3-amine), nonactin, calcein, Triton X-100, Sephadex G-50, KCl, HEPES, DMSO, di-8-ANEPPS, gramicidin A (GrA), nystatin (Nys), and cecropin A (CecA) were purchased from Sigma Chemical (St. Louis, United States). The chemical structures of the alkaloids are presented in Figure 1.

KCl solutions (0.1, 1.0 or 2.0 M) was buffered using 5 mM HEPES, pH 7.4. Syringomycin E (SyrE) was isolated and purified as described previously (Bidwai and Takemoto, 1987) and was kindly offered by Dr. J.Y. Takemoto (Utah State University, United States). All experiments were performed at room temperature (25°C).



Measurement of the Membrane Boundary and Dipole Potential

Changes in the steady-state conductance of planar lipid bilayers induced by complex of ionophore nonactin with potassium ion were measured to estimate the changes in the membrane boundary potential (φb). Virtually solvent-free planar lipid bilayers were prepared using a monolayer-opposition technique (Montal and Muller, 1972) on a 50-μm-diameter aperture in a 10-μm-thick Teflon film separating two (cis and trans) compartments of a Teflon chamber. The aperture was pretreated with hexadecane. Lipid bilayers were made from POPC or equimolar mixture of DOPE and DOPS (DOPE/DOPS). After the membrane was completely formed and stabilized and its stability was assessed by applying voltages in the range from −200 to 200 mV with 50 mV-step for 5–10 min, stock solutions of nonactin A (7 μg/ml in ethanol) were added to the bathing solution (0.1 M KCl, 5 mM HEPES, pH 7.4) in both compartments to obtain a final concentration ranging from 0.1 to 1 μM. Ag/AgCl electrodes with 1.5% agarose/2 M KCl bridges were used to apply V and measure the transmembrane current I. Current was measured using an Axopatch 200B amplifier (Molecular Devices, LLC, Orlean, CA, United States) in the voltage clamp mode. Data were digitized using a Digidata 1440A and analyzed using pClamp 10.0 (Molecular Devices, LLC, Orlean, CA, United States). The conductance of the lipid bilayer was determined by measuring I at a constant transmembrane voltage (V = 50 mV). The K+-nonactin steady-state conductance was modulated via the two-sided addition of alkaloids from different mM stock solutions in water or ethanol to the membrane-bathing solution to obtain a final concentration ranging from 5 μM to 1 mM. The final concentration of ethanol in the chamber did not exceed 1% and the solvent does not affect membrane integrity.

The subsequent calculations were performed assuming that the membrane conductance is related to the φb, the potential drop between the aqueous solution and the membrane hydrophobic core, by the Boltzmann distribution (Andersen et al., 1976).
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where Gm and Gm0 are the steady-state membrane conductances induced by K+-nonactin in the presence and absence of alkaloids, respectively; e, k, and T have their usual meanings.

The changes in φb–value for the defined experimental conditions were averaged from 3 to 11 bilayers (mean ± sd).

A Langmuir adsorption isotherm was used to describe the adsorption of alkaloids to lipid bilayers in a first-order approximation as follows (de Levie et al., 1979; Reyes et al., 1983; Cseh et al., 2000; Efimova and Ostroumova, 2012; Ostroumova et al., 2013):
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where Δφb(C) is the boundary potential change at the C concentration of modifiers, Δφb(∞) is the maximum potential change, and K is the desorption constant, which provides a meaningful measure of the affinity between the modifier and the lipid. The desorption constant can be determined as the slope of a linear dependence of [Δφb(∞)]/[Δφb(C)] on 1/C. The linear approximation of the obtained dependences were made using Origin 8.0 (OriginLab Corporation, Northampton, MA, United States).

The electric field distribution at the boundaries of the membrane consists of diffuse part of the electrical double layer (related to the presence of the charges on the membrane surface) and the potential drop over polar area inside the membrane itself (related to the dipolar components of lipids, interface water and other adsorbed molecules, and called membrane dipole potential, φd).

To determine which component of the membrane boundary potential is responsible for the regulation of ion transport through membranes after the adsorption of alkaloids, the surface potential, or the dipole potential, φd, the alteration in the φd of POPC membranes was estimated using a dipole-potential-sensitive lipid fluorescence probe, di-8-ANEPPS (Gross et al., 1994). Large unilamellar vesicles containing 1 mol% of di-8-ANEPPS were prepared by extrusion using an mini-extruder (Avanti Polar Lipids, Pelham, United States). POPC stock solution in chloroform was mixed with 50 μl of 1 mM di-8-ANEPPS in ethanol solution, twice resuspended in pentane and dried under a gentle stream of nitrogen. The dry lipid film was hydrated by buffer solution (0.1 M KCl, 5 mM HEPES-KOH, 1 mM EDTA, pH 7.4). The suspension was subjected to five freeze-thaw cycles and then passed by extrusion through a 100 nm nucleopore polycarbonate membrane 13 times to obtain unilamellar vesicles. Alkaloids were added to the liposome suspension to obtain a final concentration in the range from 200 μM to 1 mM. Steady-state fluorescence measurements were recorded with a Fluorat-02-Panorama spectrofluorometer (Lumex, Russia) at room temperature.

To avoid any effects of membrane fluidity alteration, the fluorescence excitation ratio R was defined as a ratio of the fluorescence intensity at an excitation wavelength of 420 nm to 520 nm at emission wavelength of 670 nm (Clarke and Kane, 1997). The changes in the φd of POPC bilayers were estimated using obtained values of R as described in Starke-Peterkovic et al. (2006). The changes in the φd for the defined experimental conditions were averaged from 3 to 7 bilayers (mean ± sd).



Differential Scanning Calorimetry

Differential scanning calorimetry experiments were performed by a μDSC 7EVO microcalorimeter (Setaram, France). Giant unilamellar vesicles were prepared from pure DPPC by the electroformation method (standard protocol, 3 V, 10 Hz, 1 h, 55°C). The resulting liposome suspension contained 5 mM lipid and was buffered by 5 mM HEPES-KOH at pH 7.4. Alkaloids were added to aliquots to obtain a lipid:agent molar ratio of 10:1. The liposomal suspension was heated at a constant rate of 0.2 C/min. The reversibility of the thermal transitions was assessed by reheating the sample immediately after the cooling step from the previous scan. The temperature dependence of the excess heat capacity was analyzed using Calisto Processing (Setaram, France). The thermal behavior of the liposomes suspension in the absence and presence of the alkaloids was described by the changes in the temperature of the maximum of main phase transition (ΔTm) and width at a half height (half-width) of peak in the endotherm (ΔT1/2).



Calcein Release From Large Unilamellar Vesicles

The alteration in the fluorescence intensity of calcein was used to monitor the membrane disintegration induced by alkaloids. Large unilamellar vesicles were prepared from pure POPC and mixture of POPC/Chol (67/33 mol%) by extrusion. The lipid stock in chloroform was dried under a gentle stream of nitrogen. The dry lipid film was hydrated using a buffer (35 mM calcein, 10 mM HEPES-NaOH, pH 7.4). The suspension was subjected to five freeze-thaw cycles and then passed through a 100 nm Nuclepore polycarbonate membrane 13 times. The calcein that was not entrapped in the vesicles was removed by gel filtration with a Sephadex G-50 column to replace the buffer outside the liposomes with calcein-free solution (150 mM NaCl, 1 mM EDTA, 10 mM HEPES-NaOH, pH 7.4). Calcein in vesicles fluoresces very poorly, because of strong self-quenching at millimolar concentrations, while the fluorescence of disengaged calcein in the surrounding media correlates to membrane stability and integrity in the absence and presence of alkaloids.

The time-dependence of calcein fluorescence de-quenching induced by 0.4 mM alkaloids had been measured for 80 min. The degree of calcein release was determined using a Fluorat-02-Panorama spectrofluorimeter (Lumex, Saint-Petersburg, Russia). The excitation wavelength was 490 nm and the emission wavelength was 520 nm. Addition of Triton X-100 from 10 mM water solution to a final concentration of 0.1 M to each sample led to complete disruption of vesicles and the intensity of fluorescence after releasing total amount of calcein from liposomes was measured.

To describe the dependence of permeabilization of the liposomal membranes on the concentrations of alkaloids, the relative intensity of calcein fluorescence (RF,%) was used:
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where I and I0 are the calcein fluorescence intensity in the sample in the presence and absence of alkaloid, respectively, and Imax is the maximal fluorescence of the sample after lysis of liposomes by Triton X-100. A factor of 0.9 was introduced to account for the dilution of the sample by Triton X-100.



Correlation Analysis

A correlation analysis was performed using Excel. Pearson’s correlation coefficient was applied to estimate the relationship between lipophilicity (LogDo/w or LogPo/w) or polarity (μ) of alkaloid molecules and changes in the physical properties of lipid bilayers due to alkaloid adsorption (−Δφb(max), −Δφd(max), −ΔTm, ΔT1/2, RFmax). To determine the confidence interval of the sample correlation coefficient, the Fisher transformation was used (a stated confidence level of 0.1, the sample size varied from 7 to 22 pairs, the minimum was determined by the available published data, and the maximum was determined by the number of tested compounds). The correlation coefficient was considered statistically significant if its confidence interval did not include 0. The Spearman’s rank correlation coefficients were also determined to confirm the significant correlation. Taking into account the linear relationship between the changes in the electric potential and the molecular dipole moment according to the equation for a parallel-plate capacitor, the Spearman criterion was not applied to μ and −Δφb(max)/−Δφd(max) relationships.



RECONSTITUTION OF ION CHANNELS INTO PLANAR LIPID BILAYERS

Planar lipid bilayers were made by Montal and Muller (1972) from POPC, DOPE/DOPS or mixture of 67 mol% POPC and 33 mol% Chol. Pore-forming agents SyrE, CecA and Nys (from stock solution in water (pH 3.0, pH 7.4) and DMSO, respectively) were added to the aqueous phase on the cis-side of the bilayer to obtain a final concentration ranging from 0.5 to 1.0 μM of SyrE, 1 to 4 μM of CecA, and 7 to 20 μM of Nys. GrA was added to both compartments of the chamber up to 0.1–0.3 μM. The membranes modified by GrA, SyrE, CecA, and Nys were bathed in 2.0, 1.0, 0.1, and 2.0 M KCl, respectively (5 mM HEPES-KOH, pH 7.4). Alkaloids were added to both sides of the membrane up to 0.4 mM. The final concentration of DMSO in the chamber did not exceed 0.5% and did not produce any changes in the stability and ion permeability of the bilayers. The tested alkaloids in the concentrations used did not increase the ion permeability of lipid bilayers in the absence of ionophore and pore-forming agents.

«Positive» voltage refers to the case in which the cis-side compartment is positive with respect to the trans-side. Data were acquired at a sampling frequency of 5 kHz using low-pass filtering at 200 Hz, and the current tracks were processed through an 8-pole Bessel 100-kHz filter. Single-channel conductance (GSC) of GrA and SyrE channels was defined as the ratio between the current flowing through a single channel (i) and V. The dwell time of the single channels (τ) to be in an open state was determined using pClamp 10. The total numbers of events used for the channel conductance fluctuation and dwell time analysis were 1000–1500 and 1500–2000, respectively. Peaks on the conductance and dwell time histograms were fitted by the normal density and exponential functions, respectively. The χ2 criterion was applied (P < 0.05). The mean ratio (I∞/I∞0) of the macroscopic currents after (I∞) and before (I∞0) two-sided modifier addition of tested alkaloids was used to assess the changes in channel-forming activity of CecA and Nys.

The characteristic parameters of channel-forming activity of GrA, SyrE, CecA, and Nys in the presence of tested modifiers were averaged from 5 to 9 bilayers (mean ± sd). All experiments were performed at room temperature.
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Over the past decade, thiazines, thiadiazoles, and thiohydrazides have attracted increasing attention due to their sedative, antimicrobial, antiviral, antifungal, and antitumor activities. The clinical efficacy of such drugs, as well as the possibility of developing resistance to antimicrobials, will depend on addressing a number of fundamental problems, including the role of membrane lipids during their interaction with plasma membranes. The effects of the eight 1,3- thiazine-, 1,2,3,4- dithiadiazole-, and thiohydrazide-related compounds on the physical properties of model lipid membranes and the effects on reconstituted ion channels induced by the polyene macrolide antimycotic nystatin and antifungal cyclic lipopeptides syringomycin E and fengycin were observed. We found that among the tested agents, the fluorine-containing compound N′-(3,5-difluorophenyl)-benzenecarbothiohydrazide (C6) was the most effective at increasing the electric barrier for anion permeation into the hydrophobic region of the membrane and reducing the conductance of anion-permeable syringomycin pores. A decrease in the membrane boundary potential with C6 adsorption also facilitated the immersion of positively charged syringomycin molecules into the lipid bilayer and increases the pore-forming ability of the lipopeptide. Using differential scanning microcalorimetry, we showed that C6 led to disordering of membrane lipids, possibly by potentiating positive curvature stress. Therefore, we used C6 as an agonist of antifungals forming the pores that are sensitive to membrane curvature stress and lipid packing, i.e., nystatin and fengycin. The dramatic increase in transmembrane current induced by syringomycin E, nystatin, and fengycin upon C6 treatment suggests its potential in combination therapy for treating invasive fungal infections.

Keywords: dithiadiazoles, thiazines, thiohydrazides, lipid bilayers, antifungals, ion-permeable pores, membrane dipole potential, membrane curvature stress


INTRODUCTION

The growth trend of fungal diseases in the etiology of hospital-acquired and some community-acquired infections (both superficial and severe visceral mycoses associated with HIV infection and hematologic diseases) and development of pathogen resistance to existing drugs due to the widespread use of broad-spectrum antibiotics and immunosuppressants requires the identification of fungi species that were previously considered non-pathogenic and new antifungal drugs and formulations. The limited antifungal armamentarium includes polyene macrolides that bind ergosterol in the fungi plasma membrane (Baginski et al., 2002, 2005; Baginski and Czub, 2009; Laniado-Laborin and Cabrales-Vargas, 2009); azoles that block ergosterol synthesis (Haller, 1985; Shapiro et al., 2011; Niwa et al., 2014); echinocandins that inhibit the synthesis of the cell wall component, β-(1,3)-D-glucan (Douglas, 2001; Kontoyiannis and Lewis, 2002; Groll et al., 2005; Wiederhold and Lewis, 2007; Ponton, 2008; Quindos et al., 2009; Sucher and Chahine, 2009); and flucytosine derivatives that inhibit purine and pyrimidine uptake and DNA and RNA synthesis (Wang et al., 1998; Rehemtulla et al., 2004; Nishi et al., 2009), and they are mainly used in combination with the polyene macrolide antibiotic amphotericin B (Keele et al., 2001; Schwarz et al., 2006; Deng et al., 2016; Molloy et al., 2018). Although azoles have obvious benefits, such as low cost, limited toxicity, and oral administration, the resistance of pathogenic fungi strains to the most commonly applied azoles, e.g., fluconazole, itraconazole, voriconazole, and posaconazole, is a serious problem (Kontoyiannis and Lewis, 2002; Fera et al., 2009). Drugs from the group of echinocandins that target Candida spp. and Aspergillus genera are ineffective in fighting many other classes of fungi, and the appearance of strains with reduced sensitivity to echinocandins is an increasing problem as well (Eschenauer et al., 2007). The polyene macrolide antibiotics, particularly the abovementioned amphotericin B (AmB), have been used for the longest time as a first-line of defense in the treatment of severe mycoses. Despite the long-term application of AmB, strains with acquired resistance to this antibiotic rarely occur due to its direct action on fungal membrane integrity. A widely recognized mechanism of AmB action includes ergosterol binding and pore formation, which lead to increased membrane permeability to ions and small organic molecules and cell death (Kasumov et al., 1979; Baginski et al., 2002; Romero et al., 2009; Cohen, 2010). Unfortunately, systemic treatment with AmB is associated with severe side effects, including nephrotoxicity and hepatotoxicity; thus, its less toxic lipid-associated formulations are used.

Combination therapy of well-known antifungal antibiotics with structurally diverse compounds that show synergistic interactions is an effective method of minimizing antibiotic toxicity and preventing the resistance of pathogenic strains. In this respect, the promising antifungal activity of thiadiazole, thiazine, and thiohydrazide derivatives (el-Shaaer et al., 1997; Matysiak et al., 2000; Magdolen et al., 2000; Vicentini et al., 2002; Singh and Kaushik, 2008) has attracted more attention. In particular, Chudzik et al. (2019) demonstrated that 4-(5-methyl-1,3,4-thiadiazole-2-yl)benzene-1,3-diol shows strong synergistic interaction with AmB that significantly reduced the antibiotic concentration required for 100% inhibition of the growth of pathogenic fungi in vitro. Moreover, synergistic interactions were noted for strains with reduced sensitivity to AmB and azole-resistant isolates. The authors suggested that the synergistic interaction includes facilitating the penetration of AmB through the fungal membrane by the 1,3,4-thiadiazole derivative, which disrupts the cell wall integrity.

The measurements using model lipid systems indicated the significant role of various thiadiazoles in modulating the physical properties of membranes. Kluczyk et al. (2016) showed that the above-mentioned 1,3,4-thiadiazole derivative 4-(5-methyl-1,3,4-thiadiazole-2-yl)benzene-1,3-diol and its analog with a shorter alkyl substituent 4-(5-heptyl-1,3,4-thiadiazole-2-yl)benzene-1,3-diol strongly affect the phase transition of 1,2-dipalmitoyl-sn-glycero-3-phosphatidylcholine (DPPC). The differential scanning calorimetry (DSC) data indicated that the two 1,3,4-thiadiazoles enhanced liposomal membrane fluidity by shifting the temperature of the main phase transition of DPPC toward lower values. Infrared spectroscopy measurements showed that 4-(5-heptyl-1,3,4-thiadiazole-2-yl)benzene-1,3-diol interacts with both the hydrophobic and hydrophilic regions of the lipid bilayer while 4-(5-methyl-1,3,4-thiadiazole-2-yl)benzene-1,3-diol only interacts with the hydrophilic region of the membrane. The incorporation into DPPC membranes of the fluorine-containing derivative 2-(4-fluorophenylamino)-5-(2,4-dihydroxybenzeno)-1,3,4-thiadiazole in amounts smaller than 1 mol% leads to an increase in the main phase transition temperature of DPPC (Kamiński et al., 2012). Higher concentrations of the compound lead to formation of the complex with DPPC. Gagos (2008) used a monomolecular layer technique, FTIR spectroscopy and linear dichroism-FTIR and ascertained that the chlorine-containing derivative 2-(2,4-dihydroxylphenyl)-5,6-dichlor-1,3-benzothiazole exerts a pronounced ordering effect with respect to the 1,2-diphytanoyl-sn-glycero-3-phosphocholine (DPhPC) acyl chains. The non-steroidal anti-inflammatory 1,2-thiazine derivatives, in particular, meloxicam, piroxicam, and tenoxicam, demonstrate the perturbing effect on the lipid membranes summarizing in a lowering the main phase transition temperature and cooperativity, and increasing the mean area per DPPC molecule (Kyrikou et al., 2004; Nunes et al., 2011). Moreover, these compounds are able to induce fusion of lipid vesicles at low drug to lipid ratio (Chakraborty et al., 2008; Majumdar et al., 2015). And the fusogenic property of the drugs, which depends on the liposome composition (Mondal Roy et al., 2010; Mondal Roy and Sarkar, 2011; Majumdar and Sarkar, 2016), is related to their perturbing effect (Mondal and Sarkar, 2009).

The aim of this study was to investigate the effects of eight new 1,3- thiazine-, 1,2,3,4- dithiadiazole-, and thiohydrazide-related compounds (Table 1) on the physical properties of model lipid membranes and reconstituted ion channels produced by known antifungals with the pore-forming mechanism of action, namely, the polyene macrolide antibiotic nystatin (Nys) and cyclic lipopeptides syringomycin E (SyrE) and fengycin (Fen).


TABLE 1. Chemical structure of the tested 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives.

[image: Table 1]


MATERIALS AND METHODS


Chemicals

All chemicals used were of reagent grade. Synthetic DPPC, DPhPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (PO PC), 1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-(1′-rac-glycer ol) (POPG), 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoethan olamine (POPE), 1,2-dipalmitoyl-sn-glycero-3-phospho-(1′-rac-glycerol) (DPPG), cholesterol (CHOL), and ergosterol (ERG) were obtained from Avanti® Polar Lipids. Non-actin, KCl, HEPES, DMSO, nystatin (Nys), and fengycin (Fen) were purchased from Sigma-Aldrich Company Ltd. (Gillingham, United Kingdom).

The chemical names and structures of the tested 1,3- thiazine-, 1,2,3,4- dithiadiazole-, and thiohydrazide-related compounds and references with a description of the synthesis methods are presented in Table 1.

KCl solutions (0.1 or 2.0 M) were buffered using 10 mM HEPES-KOH at pH 7.4 or 10 mM CHES-KOH at pH 9. Syringomycin E (SyrE) was isolated and purified as described previously (Bidwai and Takemoto, 1987), and it was kindly offered by Dr. J. Y. Takemoto (Utah State University, United States). All experiments were performed at room temperature (25°C).



Membrane Boundary Potential Measurements

Virtually solvent-free planar lipid bilayers were prepared using a monolayer-opposition technique (Montal and Muller, 1972) using a 50-μm diameter aperture and a 10-μm thick Teflon film separating the two (cis- and trans-) compartments of the Teflon chamber. The aperture was pretreated with hexadecane. Lipid bilayers were made from pure DPhPC, pure POPC, and an equimolar mixture of POPC and POPG. The steady-state conductance of K+-non-actin was modulated via the two-sided addition of the tested 1,3- thiazine-, 1,2,3,4- dithiadiazole-, and thiohydrazide-related compounds from different mM stock solutions in DMSO to the membrane-bathing solution (0.1 M KCl, pH 7.4) to obtain a final concentration ranging from 5 μM to 1 mM. Ag/AgCl electrodes with 1.5% agarose/2 M KCl bridges were used to apply V and measure the transmembrane current. The “positive voltage” refers to the case in which the cis-side compartment is positive with respect to the trans-side. The current was measured using an Axopatch 200B amplifier (AutoMate Scientific Inc., Berkeley, CA, United States) in the voltage clamp mode. Data were digitized using a Digidata 1440A and analyzed using pClamp 10.0 (AutoMate Scientific Inc., Berkeley, CA, United States) and Origin 8.0 (OriginLab Corporation, Northampton, MA, United States). Data were acquired at a sampling frequency of 5 kHz using low-pass filtering at 200 Hz, and the current tracks were processed through an 8-pole Bessel 100-kHz filter.

The conductance of the lipid bilayers was determined by measuring I at a constant transmembrane voltage (V = 50 mV). In the subsequent calculations, the membrane conductance (G) was assumed to be related to the membrane boundary potential (φb), the potential drop between the aqueous solution and the membrane hydrophobic core by the Boltzmann distribution (Andersen et al., 1976):

[image: image]

where ξ is the ion mobility, ze is the ion charge, k is the Boltzmann constant, and T is the absolute temperature.

A Langmuir adsorption isotherm was used to describe the adsorption of the tested 1,3- thiazine-, 1,2,3,4- dithiadiazole-, and thiohydrazide-related compounds to lipid bilayers in a first-order approximation as follows (de Levie et al., 1979; Reyes et al., 1983; Cseh et al., 2000; Efimova and Ostroumova, 2012; Ostroumova et al., 2013):

[image: image]

where the Δφb(C) is the boundary potential change at the C concentration of the compound, Δφb(∞) is the maximum potential change, and K is the desorption constant, which provides a meaningful measure of the affinity between the agent and the lipid phase. The desorption constant can be determined as the slope of the linear dependence of [Δφb(∞)]/[Δφb(C)] on 1/C. The linear approximation of the indicated dependences was performed using Origin 8.0 (Origin Lab).



Differential Scanning Microcalorimetry

Differential scanning calorimetry experiments were performed by a μDSC 7EVO microcalorimeter (Setaram, France). Giant unilamellar vesicles were prepared from pure DPPC and DPPG or mixtures of 90 mol% DPPC and 10 mol% CHOL (DPPC/CHOL), and 40 mol% DPPC, 50 mol% DPPG and 10 mol% ERG (DPPC/DPPG/ERG) by the electroformation method (standard protocol, 3 V, 10 Hz, 1 h, 55°C). The liposome suspension contained 5 mM lipid and was buffered by 5 mM HEPES-KOH at pH 7.4. The tested 1,3- thiazine-, 1,2,3,4- dithiadiazole-, and thiohydrazide-related compounds were added to aliquots to obtain a lipid:agent molar ratio of 50:1 and 10:1. The liposomal suspension was heated at a constant rate of 0.2 C⋅min–1. The reversibility of the thermal transitions was assessed by reheating the sample immediately after the cooling step from the previous scan. The temperature dependence of the excess heat capacity was analyzed using Calisto Processing (Setaram, France). The thermal behavior of the lipids in the absence and presence of the tested 1,3- thiazine-, 1,2,3,4- dithiadiazole-, and thiohydrazide-related compounds was described by the changes in the temperature of the pretransition peak (ΔTp), the maximum temperature of the main phase transition (ΔTm), the half-width of peak in the endotherm (ΔT1/2), and the changes in the enthalpy of the main phase transition (ΔΔH).



Reconstitution of Ion Channels Into Planar Lipid Bilayers

Using Montal and Muller technique (1972) lipid bilayers were made from DPhPC, a mixture of 67 mol% DPhPC and 33 mol% CHOL, and a mixture of 20 mol% POPC, 20 mol% POPE, 50 mol% POPG and 10 mol% ERG. After the membrane was completely formed, stabilized stock solutions of SyrE, Nys, and Fen (in water at pH 3.0, DMSO, and methanol, respectively) were added to the aqueous phase on the cis-side of the bilayer to obtain a final concentration ranging from 0.5 to 10.0 μM of SyrE, 7–20 μM of Nys and 4–8 μM of Fen. Lipid bilayers were bathed in 2.0 M KCl at pH 7.4 (study of single SyrE channels and pore forming ability of Nys), 0.1 M KCl at pH 7.4 (measurements of SyrE induced steady-state transmembrane current), and 2.0 M KCl at pH 9.0 (study of pore forming ability of Fen). The tested 1,3- thiazine-, 1,2,3,4- dithiadiazole-, and thiohydrazide-related compounds were added to both sides of the membrane up to 100 or 400 μM.

Single-channel conductance (g) was defined as the ratio between the current flowing through a single channel (i) and V. The conductance fluctuation and dwell time (τ) histograms were made for the constant transmembrane voltages. The total number of events used for the channel amplitude and dwell time analysis was 800–1,000 and 1,500–3,000, respectively. Peaks on the conductance and dwell time histograms were fitted by the normal density and exponential functions, respectively. The χ2 criterion was applied (P < 0.05). The probability of the channel to be in an open state (Pop) was determined as [image: image], where τ is the dwell time of the single channel and τclose is the time that the channel is in a closed state. The Pop-values were averaged from 150 to 200 single channel bursts (mean ± sd).

A steady-state antifungal-induced transmembrane current (I∞) was used to assess the channel-forming activity of polyene macrolide and lipopeptides after and before two-sided additions of the tested 1,3- thiazine-, 1,2,3,4- dithiadiazole-, and thiohydrazide-related compounds. The mean ratios (I∞/I∞0) of the macroscopic currents after (I∞) and before (I∞0) two-sided modifier addition were averaged from 5 to 7 bilayers (mean ± sd).



RESULTS AND DISCUSSION


Effects of 1,3-Thiazine, 1,2,3,4-Dithiadiazole, and Thiohydrazide Derivatives on the Electrical Properties of Lipid Bilayers and Transport Through Ion-Selective Pores

To ascertain the changes in the distribution of electrical potentials on the membrane-solution interface upon the adsorption of the 1,3- thiazine-, 1,2,3,4- dithiadiazole-, and thiohydrazide-related compounds, a method based on the modulation of the non-actin-induced steady-state transmembrane current by the tested agents has been applied. Figure 1 shows the dependences of the boundary potential of DPhPC membranes on the concentration of the tested derivatives C1–C8. The curves presented in Figure 1 are close to linear at low agent concentrations and tend toward saturation at high concentrations. A Langmuir adsorption isotherm has been used to describe the adsorption of the 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives to lipid bilayers in a first-order approximation. Table 2 shows the characteristic parameters of the Langmuir adsorption isotherm, namely, the maximum changes in the φb of the DPhPC membranes at an infinitely high concentration of the tested derivatives C1–C8 [−Δφb(max)], and their desorption constants (K); thus, it provides a meaningful measure of the affinities between the agents and the lipid phase.


[image: image]

FIGURE 1. Dependence of the decrease in the boundary potential of the membrane (–Δφb) on the concentration of C1 (■), C2 (□), C3 (•), C4 (○), C5 (▲), C6 (Δ), C7 (♦), and C8 (◊). The membranes were composed of DPhPC and bathed in 0.1 M KCl at pH 7.4. V = 50 mV.



TABLE 2. Characteristic parameters of the Langmuir adsorption isotherms used to describe the adsorption of 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives on lipid bilayers with different compositions.

[image: Table 2]One can see that C6 demonstrates the pronounced efficiency to reduce the boundary potential of the DPhPC membranes (−Δφb exceeds 100 mV); C5 and C8 are characterized by values that are at least a half of the C6 effect (approximately 50 mV); C1, C2, and C7 present insignificant effects (Δφb does not exceed 30 mV); C3 and C4 have practically no effect on the φb-magnitude (Figure 1 and Table 2). Table 2 and Supplementary Figure S1A demonstrate the similarity of 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives on membranes composed of DPhPC and POPC.

A comparison of the structures and φb-modifying abilities of the tested compounds led to several important observations. (i) The C5 and C8 molecules have high structural similarity and present two benzene rings bound by a sufficiently flexible linker containing heteroatoms, and they have significant potential-modifying ability, which is likely due to their high hydrophobicity and polarity (high values of the logarithm of the octanol/water partition coefficient, LogDo/w, and high magnitudes of the dipole moment, μ, Supplementary Table S1). (ii) The inclusion of the fluorine atoms into the modifier molecule promotes a dramatic ability to influence the boundary potential, which should be related to a shift in the electron density upon the introduction of halogen substituents with high electronegativity (C6 vs. C5) and the highest partition coefficient among tested compounds (Supplementary Table S1). (iii) The 1,3-thiazine-related compounds C1 and C2 have a similar structural core of a heterocyclic nature, and the small boundary potential change in their presence is most likely due to high hydrophilicity of 1,3-thiazine derivatives (low LogDo/w-values, Supplementary Table S1). The greater efficiency of C2 might be related to its higher partition coefficient and dipole moment compared to C1 (Supplementary Table S1). (iv) The 1,2,3,4-dithiadiazole-related compounds C3 and C4 have two benzene rings connected by a relatively rigid heterocycle linker and are not characterized by the ability to influence the boundary potential of the membrane despite their high hydrophobicity and significant polarity (Supplementary Table S1). This may indicate the importance of not so much the magnitude of the molecule dipole moment as its orientation in the bilayer.

The electric field distribution at the boundaries of the membrane consists of diffuse part of the electrical double layer and the potential drop over polar area inside the membrane itself. The latter is generally attributed to the dipole effect, which is related to specific orientation of lipid and water dipoles and called membrane dipole potential, φd, which depends on the lipid hydration and phase state (Nesterenko and Ermakov, 2012). It should also be noted that the adsorption of the charged molecules can affect both the first and second components. In particular, the adsorption of the Gd3+ leads to a dramatic decrease in the dipole component of the boundary potential (Ermakov and Yusipovich, 2002). To determine whether the charged or uncharged form of the tested molecules modulates the boundary potential, we tested negatively charged bilayers composed of POPC/POPG as well as in neutral membranes made from DPhPC or POPC (Figure 1, Supplementary Figure S1A and Table 2). Supplementary Figure S1B demonstrates the concentration dependences of the decrease in the φb of POPC/POPG-membrane in the presence of 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives and shows that almost all compounds are characterized by effects similar to those observed in neutral membranes. However, the most effective compound in the case of DPhPC and POPC bilayers, i.e., C6, has almost no effect on the φb of membranes composed of POPC/POPG. This finding suggests that the negatively charged form of C6, which is not adsorbed on the negatively charged membranes, changes the bilayer boundary potential of the DPhPC and POPC bilayers. However, these data do not answer the question of whether the surface or dipole component of the membrane boundary is changed by C6 adsorption.

The pronounced φb-modifying ability of C6 and C8 indicates their potential in applications for modulating the functioning of ion-selective pores that are known to be sensitive to the distribution of the electric potential at the membrane-solution interface. The antifungal effects of cyclic lipopeptide produced by the plant bacterium Pseudomonas syringae pv. syringae, SyrE, are reported to be related to pore formation in the host membrane leading to cytolysis (Hutchison and Gross, 1997; Bender et al., 1999; Dalla Serra et al., 1999). It was shown that SyrE forms asymmetric peptide-lipid pores of a conical shape with predominant anion selectivity (Malev et al., 2002; Ostroumova et al., 2007a). The properties of single SyrE pores and lipopeptide induced steady-state transmembrane current depend on the boundary potential of membrane (Feigin et al., 1996; Schagina et al., 1998; Dalla Serra et al., 1999; Ostroumova et al., 2005, 2007b, 2008; Efimova et al., 2018b). A previous study showed that a decrease in the membrane dipole potential upon addition of small molecule modifiers leads to a reduction of SyrE-pore conductance and dwell time and an increase in the SyrE-induced steady-state transmembrane current (Ostroumova et al., 2007b, 2008; Efimova et al., 2018b). The effect on multichannel activity is due to the facilitation of the immersion of positively charged SyrE molecules into the lipid bilayer with a decrease in its dipole potential (Ostroumova et al., 2008; Efimova et al., 2018b).

To test the influence of the 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives on SyrE pores, we used two compounds that are practically ineffective in terms of the boundary potential, i.e., C1 and C3, as well as C6 and C8. Figure 2A shows examples of current fluctuations corresponding to the opening and closure of single SyrE channels in DPhPC bilayers bathed in 2 M KCl in the absence (control) and presence of 100 μM of C1, C3, C6, and C8 at a transmembrane voltage of −200 mV. The addition of C6 and C8 slightly decreases the channel amplitude, while the addition of C1 and C3 has almost no effect on the pore conductance. Figure 2B presents the conductance-voltage curves of the SyrE channels in the absence and presence of 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives. Table 3 demonstrates that C6 and C8 reduce the SyrE channel conductance by approximately 15 and 10%, respectively, while C1 and C3 do not influence this parameter at all. The Debye radius is small and the effects of the surface component of the boundary potential should be discarded in solutions of high ionic strength (2 M). Thus, one can conclude that the dipole component and not the surface component of the boundary potential has been altered by C6 and C8 adsorption onto lipid bilayers. The effects of C6 and C8 on single SyrE pore amplitudes should be related to the anion selectivity of these channels (Takemoto et al., 2003): the decreased dipole potential (i.e., virtual plus in the hydrophobic interior) upon C6 and C8 introduction leads to an increase in the electric barrier for anion permeation into the hydrophobic region of the membrane, which causes a reduction in the conductance of anion-permeable SyrE-pores.
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FIGURE 2. (A) Current fluctuations corresponding to the openings and closings of single SyrE channels in the absence (control) and presence of 100 μM of C1, C3, C6, and C8. V = –200 mV. C, closed state of the channel, and O, open state of the pore. (B) G(V) curves of single SyrE channels in the absence (■) and presence of 100 μM of C1 (■), C3 (•), C6 (Δ), and C8 (◊). The membranes were composed of DPhPC and bathed in 2.0 M KCl at pH 7.4.



TABLE 3. Effects of 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives on the ion-permeable pores induced by the different antifungals SyrE, Fen, and Nys.

[image: Table 3]Figure 2A also shows that C6 and C8 induces more flickery behavior of SyrE channels than in the absence of any modifiers (control) or presence of C1 and C3. An examination of the lifetime of SyrE pores showed that C6 and C8 also led to an approximately 10-fold reduction in channel dwell time while C1 and C3 are not characterized by a significant ability to modify the SyrE-pore lifetime (Table 3). The similar trend is observed for the probability of SyrE channels to be open, Pop (Table 3). A possible explanation for the dramatic changes in the lifetime and open probability of SyrE channels is that the opening or closure of the SyrE channel may include the movement of the polar or charged groups of pore-forming molecules (lipopeptide or lipid) through the region of dipole potential jump (Ostroumova et al., 2007b) which is altered by C6 and C8 adsorption.

An increase in the pore-forming ability of SyrE with the addition of C6 could be caused by the promotion of the adsorption of positively charged lipopeptide molecules onto membranes by negatively charged C6 molecules and the reduction in the electric barrier for SyrE cation permeation into membrane at the decreasing φd by C6. Table 3 shows the validity of this assumption. The addition of 100 μM of C6 into the membrane bathing solution (0.1 M KCl) leads to an eightfold increase in the steady-state transmembrane current induced by SyrE. The obtained result suggests the synergism of the antifungal action of SyrE and C6. C1 has almost no effect on the I∞ value. Surprisingly, the introduction of C3 and C8 leads to a 1.5- to 2-fold decrease in the SyrE-induced transmembrane current (Table 3). Taking into account the different dipole-modifying ability of C3 and C8 (Figure 1 and Table 2), one can conclude that the decrease in SyrE activity is not related to an alteration of φd. The effects might be associated with the influence of the tested derivatives on the elastic properties of the membrane, to which SyrE pores with a positively curved lipid mouth are also sensitive (Malev et al., 2002; Ostroumova et al., 2007a).



Effect of 1,3-Thiazine, 1,2,3,4-Dithiadiazole, and Thiohydrazide Derivatives on the Lipid Packing and Ion Channels Sensitive to Transbilayer Pressure Profile

To study the effects of 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives on the phase behavior of the membrane-forming lipids, we performed DSC of large unilamellar DPPC vesicles at different lipid:compound (L:C) molar ratios. Figure 3 shows the typical DSC heating thermograms of DPPC liposomes in the absence (control) and presence of 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives at a L:C molar ratio of 10:1. The DSC curve of DPPC vesicles in the absence of any modifiers (control) is characterized by two well-defined transitions. The transition from the lamellar gel phase to the rippled gel phase, named the pretransition, occurs at approximately 34°C and it is due to a rearrangement of the polar head groups of DPPC. The second (main) transition, which is from the rippled gel phase to the liquid phase, is observed at 41.2°C and due to the melting of palmitoyl chains (Koynova and Caffrey, 1998). The changes induced by the presence of the 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives on the thermotropic properties of these transitions offer the opportunity to investigate the effect of these compounds on two distinct regions of the lipid bilayer. Table 4 reports the changes in the maximum temperatures of the pretransition (ΔTp) and the main transition (ΔTm), the half-width of the main peak (ΔT1/2), and the enthalpy of the main phase transition of DPPC on increasing compound concentration from L:C molar ratio of 50:1 to 10:1. Figure 3 and Table 4 show that C1 has no effect while C2 and C7 demonstrate only a small effects on the DPPC thermotropic properties independently on L:C ratio, suggesting that these compounds weakly interact with the DPPC bilayer at the surface level and do not significantly perturb the lipid organization in the membrane. Moreover, C2 and C7 affect the pretransition but not the main transition of DPPC. The modifications of the pretransition in the presence of C2 and C7 (the pretransition peak is shifted by C2 toward a lower temperature by approximately 0.5°C and suppressed by C7) indicates the interaction of these compounds with the polar lipid head group region.
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FIGURE 3. Heating DSC thermograms of DPPC liposomes in the absence (control) and presence of 1,3-thiazine (C1 and C3), 1,2,3,4-dithiadiazole (C3 and C4), and thiohydrazide derivatives (C5–C8) at a lipid:compound molar ratio of 10:1.



TABLE 4. Parameters that characterize the thermotropic behavior of DPPC in the presence of 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives in liposome suspension at different lipid:compound (L:C) molar ratios.

[image: Table 4]C5 and C6 suppress the pretransition and slightly affect the main transition of DPPC (the main peak is shifted toward a lower temperature by approximately 0.2°C and the half-width of the main peak is increased only by 0.1–0.2°C) independent of the L:C ratio. C3, C4, and C8 show that stronger effects on the DPPC bilayers induce modifications of both the pretransition and the mean transition peaks. The pretransition peak is suppressed even at low compound concentrations. The thermograms reveal that C3, C4, and C8 are able to penetrate into the bilayer hydrophobic core, disrupting the regular packing of lipid acyl chains as assessed by the dramatic modification of the main transition peak of DPPC. These compounds lead to significant broadening and a shift of the main transition peak toward lower temperatures. These effects depend on the L:C ratio. At an L:C ratio of 50:1, a slight modification of the peak is observed (−ΔTm is equal to 0.4–0.7°C, ΔT1/2, is equal to 0.5–1.0°C), and at an L:C ratio of 10:1, a dramatic changes have occurred (−ΔTm is equal to 0.5–1.0°C, ΔT1/2, is equal to 2.0–4.2°C). Furthermore, C3, C4, and C6 are able to induce the formation of domains of different L:C compositions as demonstrated by the presence of a multicomponent DSC profile (Supplementary Figure S2 and Supplementary Table S2). Likely, the left peak (number 1) is related to the DPPC-enriched phase while one or two right peaks on the thermograms (numbers 2 and 3) should be related to the mixed domains that contain both DPPC and the tested compound in different proportions. The largest drop in the enthalpy of the main transition observed in the case of C6 (approximately 6%) might indicate its ability to strongly influence the membrane curvature stress, which likely occurred by the promotion of the positive spontaneous curvature and formation of non-bilayer hexagonal L:C6-structures. These changes might be due to the asymmetry of the C6 molecule caused by the introduction of halogen substituents into only one of two benzene rings and might also be related to the electrostatic repulsion of negatively charged C6 molecules in the membrane.

The latter suggestion might be of fundamental importance in terms of the possible synergism of the action of C6 and the antifungal polyene macrolide antibiotics amphotericin and Nys. The pores formed by the one-sided introduction of these antibiotics into the membrane have a lipid mouth with a positive curvature in the opposite monolayer leaflet and low molecular weight membrane modifiers that provoke positive curvature stress might enhance the pore-forming ability of amphotericin and Nys (Kleinberg and Fninkelstein, 1984; Chulkov et al., 2015; Efimova et al., 2018a, b). To test this possibility, we have performed measurements of the steady-state Nys-induced transmembrane current before and after addition of C6. We have also tested the effects of C1, which has been shown to have no effect on lipid packing, and the impacts of the most effective (in the regard of lipid melting) agents C3 and C8.

Figures 4A–D shows the effects of 100 μM of C1, C3, C6, and C8 on the multichannel activity of Nys in the DPhPC/CHOL-membranes bathed in 2.0 M KCl. The addition of C6 leads to a significant increase in the steady-state Nys-induced transmembrane current, while the introduction of C1, C3, and C8 has almost no effect on the Nys pore-forming ability. These effects cannot be attributed to the alteration in membrane dipole potential induced by C6 and C8 due to their different action on Nys channels (Figures 4C,D) and a previously shown insensitivity of Nys pore forming ability on φd-magnitude (Chulkov et al., 2015). More probable, the increase in Nys-induced transmembrane current is due to the altering the transbilayer pressure profile by C6 that has been found to reduce the temperature and cooperativity of phase transition of DPPC/CHOL at L:C molar ratio of 10:1 (−ΔTm and ΔT1/2 are equal to 0.4 ± 0.2 and 0.5 ± 0.1°C, respectively) similar to pure DPPC (Table 4). Table 3 presents the mean ratio of the Nys-provoked steady-state transmembrane currents in the presence and absence of the tested 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives (I∞/I∞0). C6 leads to a fivefold increase in I∞. The addition of C1, C3, and C8 does not lead to reliable changes in the I∞ value. However, a slight downward trend is still observed in the cases of C3 and C8. To confirm this trend, we have increased the concentration of these compounds up to 400 μM. At the concentration of 400 μM, C6 produce about 15-fold increase, while C3 and C8 produce a 1.3- and 4-fold decrease in the steady-state Nys-induced current through CHOL-containing membranes, respectively (data not shown). The reduction in I∞ value in the presence of C3 and C8 might indicate that the membrane disordering action of the C3 and C8 observed by DSC is related to the promotion of negative curvature stress by these compounds. Two benzene rings in the structure of both molecules can contribute to their immersion into the hydrophobic region of the membrane, an increase in the lateral pressure in this region, and the inhibition of the formation of the lipid mouth of Nys pores with positive curvature. In these terms, it is easy to explain the drop in the SyrE-induced transmembrane current upon the addition of C3 and C8 (Table 3).
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FIGURE 4. Effects of 1,3-thiazine, 1,2,3,4-dithiadiazole, and thiohydrazide derivatives on the steady-state transmembrane current induced by 7–20 μM Nys (upper panel) and 4–8 μM Fen (lower panel). The moments for the addition of 100 μM of C1 (A,E), C3 (B,F), C6 (C,G), and C8 (D,H) to the bilayer-bathing solution are indicated by the arrows. The lipid bilayers were composed of DPhPC/CHOL (67/33 mol%) and bathed in 2.0 M KCl at pH 7.4 (upper panel) and POPC/POPE/POPG/ERG (20/20/50/10 mol%) and bathed in 2.0 M KCl at pH 9.0 (low panel). V = 50 mV.


It is known that the antifungal cyclic lipopeptide produced by Bacillus subtilis, Fen, acts by making the plasma membrane of the target cell more permeable (Vanittanakom et al., 1986; Patel et al., 2011). The Fen-induced increase in membrane permeability is related to the formation of ion channels of various conductances and non-ideal cationic selectivity (Zakharova et al., 2019). It was also shown that the alteration in membrane dipole potential does not affect the pore-forming ability of this lipopeptide while the membrane adsorption of small molecules that decreased the lipid packing density enhances the steady-state Fen-induced transmembrane current (Zakharova et al., 2019). Thus, the significant effects of C3, C6, and C8 on lipid packing (Figure 3 and Table 4) indicate their potential applications for up-regulating the pore-forming ability of Fen. Figures 4E–H demonstrates the action of 100 μM of C1, C3, C6, and C8 on the multichannel activity of Fen in the POPC/POPE/POPG/ERG-membranes bathed in 2.0 M KCl. As expected, C1 does not affect the Fen pore-forming activity (Figure 4E). C6 potentiates the pore-forming activity of Fen (Figure 4G). Surprisingly, C3 and C8 do not produce the effect similar to C6 (Figures 4F,H) despite their more pronounced action on the lipid melting (Figure 3 and Table 4). Table 3 summarizes the data obtained. The almost 10-fold increase in I∞ value in the presence of C6 can be explained by the strong dependence of the pore forming ability of Fen on the presence of negatively charged species in the bilayer (Zakharova et al., 2019) or the more pronounced disordering effect of C6 on negatively charged bilayers containing PG compared to neutral ones made from PC. The electrostatic repulsion of the negatively charged lipids and C6 molecules should cause a significant decrease in the membrane packing density impacting the oligomerization of lipopeptide molecules that form pores. To confirm this assumption, we have performed the DSC measurements with DPPG containing vesicles. A comparison of Supplementary Table S3 and Table 4 shows that C6 has a significantly greater effect on the thermotropic behavior of DPPG relative to DPPC. It should be also noted that the efficiency of C6 to affect phase behavior of the DPPC/DPPG/ERG mixture at L:C molar ratio of 10:1 (−ΔTm and ΔT1/2 are equal to 0.8 ± 0.2 and 0.9 ± 0.3°C, respectively) is comparable to that of pure DPPG (Supplementary Table S3). Moreover, C3 and C8 are characterized by depleted efficiency and have a greater effect on the thermotropic behavior of DPPG compared to DPPC, even at a high L:C ratio of 10:1. In particular, the −ΔTm value of DPPG upon the addition of C3 is equal to 0.5° while that for DPPC at the same C3 concentration is equal to 1.0°C, and the ΔT1/2 of DPPG is equal to the 0.7°C while that for DPPC is 3.1°C. A similar effect is observed for C8. The low disordering action of C3 and C8 on negatively charged DPPG membranes is consistent with the inability of these compounds to facilitate pore formation by Fen in lipid bilayers containing POPG (Figures 4F,H and Table 3).

A summary of the obtained data indicates that (i) 1,2,3,4-dithiadiazole (C3 and C4) and thiohydrazide derivatives (C5, C6, and C8) greatly affect the physical properties of lipid bilayers, including the membrane dipole potential, lipid packing, and curvature stress; (ii) N′-(3,5-difluorophenyl)-benzenecarbothiohydrazide (C6) potentiates the pore-forming activity of SyrE, Nys and Fen by modulating the interaction of these antifungal agents with the lipid matrix. This finding might open up new horizons for combination therapy. Further research is required to investigate the potential toxicity of the thiohydrazide derivative which might limit its pharmacological application. The available published data testify to low toxicity of some close analogs. For example, in vitro and in vivo experiments showed that the hydrazide derivatives can induce the death of neoplastic cells without harming healthy cells (Wandall and Tarp, 2008). Antitubercular 1,3,4-thiadiazoles demonstrated low mutagenicity and toxicity against proliferating cell lines and isolated human hepatocytes (Karabanovich et al., 2016). The leishmanicidal 1,3,4-thiadiazole derivatives showed low level of toxicities to macrophages (Poorrajab et al., 2009).
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The Saccharomyces cerevisiae lysosome-like vacuole is a useful model for studying membrane fusion events and organelle maturation processes utilized by all eukaryotes. The vacuolar membrane is capable of forming micrometer and nanometer scale domains that can be visualized using microscopic techniques and segregate into regions with surprisingly distinct lipid and protein compositions. These lipid raft domains are liquid-ordered (Lo) like regions that are rich in sphingolipids, phospholipids with saturated acyl chains, and ergosterol. Recent studies have shown that these lipid rafts contain an enrichment of many different proteins that function in essential activities such as nutrient transport, organelle contact, membrane trafficking, and homotypic fusion, suggesting that they are biologically relevant regions within the vacuole membrane. Here, we discuss recent developments and the current understanding of sphingolipid and ergosterol function at the vacuole, the composition and function of lipid rafts at this organelle and how the distinct lipid and protein composition of these regions facilitates the biological processes outlined above.
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INTRODUCTION

The lysosomal vacuole of S. cerevisiae plays a number of important roles in cellular homeostasis. The importance of the eukaryotic lysosomal compartment is underscored by the fact that there are over 70 human diseases whose molecular basis is intricately tied to dysfunctions of lysosomal storage and homeostasis (Platt et al., 2018). The fungal vacuole is necessary for nutrient storage, protein turnover, and detoxification, but it also plays a large and often-underappreciated role in essential processes such as autophagy, ion homeostasis, and organelle contact and fusion (Li and Kane, 2009). Membrane fusion is a conserved biological process that occurs at most, if not all, cellular membranes, and is necessary for autophagy, secretion and endocytic recycling. The process of homotypic vacuolar fusion in yeast cells is essential for maintaining osmotic balance, pH balance, and vacuolar inheritance by the daughter cell, and this system has proven to be instrumental in understanding many of the basic mechanisms of membrane fusion (Wickner, 2010). Through years of exemplary work by a number of labs across the world many of the factors that are necessary for fusion have been identified, and in most cases a molecular mechanism for these effectors has been investigated in detail. These fusion effectors include proteins such as tethers, Rab/Rho GTPases, SNAREs, chaperones and actin, and the regulatory lipids phosphatidic acid (PA), diacylglycerol (DAG), ergosterol, and phosphatidylinositol phosphates (PtdInsPs), which have been discussed in recent review articles (Wickner and Rizo, 2017; Langemeyer et al., 2018; Starr and Fratti, 2019; Ungermann and Kümmel, 2019). The specific lipid composition of cellular membranes is recognized as a key factor in the multitude of essential biological processes performed in or on these membranes (Harayama and Riezman, 2018). The complex lipid composition of cellular membranes has been suggested to be a driving force behind the formation of regions of phase separation and lateral heterogeneities known as “lipid rafts,” whose biological significance is only just beginning to be understood (Sezgin et al., 2017). While there are detailed molecular mechanisms that describe glycerophospholipids as regulatory lipids in homotypic fusion, there is a lack of such research focusing on the role that sphingolipids play in this process, even though some species of these lipids were found to be enriched in endosomal and lysosomal fractions in earlier studies (Hechtberger et al., 1994). It has become abundantly clear that sphingolipids play a large role in lysosomal function and homeostasis in humans, providing ample reason to investigate the molecular mechanism(s) for sphingolipid-based regulation of lysosomal processes in other models (Kihara, 2016; Hannun and Obeid, 2018). In this review we highlight research that has focused on this subject and discuss outstanding questions and future perspectives related to it.



SPHINGOLIPIDS IN MEMBRANE TRAFFICKING AND ENDOSOMAL MATURATION

Membrane trafficking and maturation events have been extremely well-studied using the yeast system as a model over the past 40 years, and many of the pathways and effectors have been identified and investigated at varying levels (Feyder et al., 2015). Defects in vesicular trafficking have been identified in a number of studies concerning yeast impaired for sphingolipid synthesis and turnover. The yeast ortholog of human neutral sphingomyelinase type 2, Isc1p, catalyzes the removal of the headgroup sugars from glycosylated sphingolipids. Yeast that lack Isc1p are unable to degrade complex sphingolipids, causing a buildup of mannose-inositol-phosphoceramide (MIPC) and M(IP)2C, as well as altered levels of the second messenger long chain bases (LCBs) and LCB-1-phosphates (Sawai et al., 2000; Barbosa et al., 2011). These yeast also produce more non-hydroxylated C26-ceramide species, and less α-OH-phytoceramide species, presumably from an increase in de novo ceramide synthesis (Barbosa et al., 2011). In isc1Δ yeast, lysosomal trafficking is significantly altered, evidenced by the secretion of vacuole-destined carboxypeptidase Y (CPY/Prc1p) into the extracellular space, which could not be rescued by overexpression of Vam3p or Ykt6p and was attributed to increased ceramide activated protein phosphatase (CAPP) activity (Teixeira et al., 2016). Such a large increase in non-hydroxylated ceramide species as seen in the studies referenced above could have a thickening effect on cellular membranes, reducing the lateral mobility and fluidity of the bilayer and preventing the proper organization of effectors necessary for maturation and fusion. Defects in ceramide homeostasis and subsequent downstream signaling events were also detected in yeast with a temperature sensitive SEC14 allele and those that lack the endosomal SNARE Tlg2p (Mousley et al., 2008). The block in endosomal maturation resulted in widespread changes to the sphingolipid profile of these strains. The vacuolar SNAREs that promote the docking step of fusion were improperly trafficked when sphingolipid synthesis was disrupted by depletion of the acyl-CoA-binding protein Acb1p, and vacuoles from these strains were unable to fuse (Faergeman et al., 2004). Furthermore, work with the fission yeast S. pombe highlighted a role for MIPC in the trafficking of proteins to the plasma membrane and proper vacuole homeostasis (Nakase et al., 2010). These studies demonstrate the intimate ties between endosomal maturation and sphingolipid biosynthesis and turnover in yeast.

Endosomal maturation is a complex process that intertwines anterograde trafficking from trans-Golgi network (TGN) derived vesicles with endocytosed material from the cell’s exterior, ultimately to be degraded, recycled and/or sent to different organelles (Huotari and Helenius, 2011). By utilizing HPLC and advanced mass spectrometry techniques it was discovered that wild-type yeast sphingolipids have much less variation in acyl chain length and saturation compared to mammalian sphingolipids, almost exclusively requiring a saturated C26 very long chain fatty acid (VLCFA) bound via amide link to a LCB (Lester et al., 1993; Ejsing et al., 2006, 2009; Megyeri et al., 2016). This C26 VLCFA requirement is reinforced by the lethality of attempting to knockout ELO2 (formerly FEN1) and ELO3 (formerly SUR4) simultaneously (Revardel et al., 1995). These membrane-embedded, ER-localized proteins catalyze the first step of microsomal VLCFA elongation through the condensation of a long chain fatty acid with a malonyl-CoA unit (Denic and Weissman, 2007). A high-temperature suppressor screen revealed that increased expression of the endosomal Rab GTPase Vps21p could rescue the growth defect observed in elo3Δ yeast, and elo3Δvps21Δ, elo3Δvps3Δ, elo3Δvps19Δ, and elo3Δvps8Δ strains had significantly impaired growth rates (Obara et al., 2013). The proteins Vps3p/Vps8p are subunits of the CORVET endosomal-tethering complex, and Vps19p (Vac1p/Pep7p) is a PtdIns3P binding protein that functions in many steps of membrane trafficking (Weisman and Wickner, 1992; Webb et al., 1997; Plemel et al., 2011). The authors observed a similar genetic interaction by creating a csg1Δcsh1Δvps21Δ triple mutant strain, which blocked de novo synthesis of MIPC instead of disrupting VLCFA production. This reinforced the idea that the endosomal maturation process is dependent on C26-sphingolipids and the endosomal fusion machinery. The elo3Δvps21Δ yeast also showed abnormal proteolytic and glycosylation/maturation profiles for CPY, Pep4p (Proteinase A), Pho8p (alkaline phosphatase), and Cps1p (carboxypeptidase S/CPS). The Snc family of SNARE proteins participates in exocytic, endocytic, and recycling processes, and their function is regulated by complex sphingolipids, VLCFAs, and LCB-1-phosphates (David et al., 1998; Grote et al., 2000; Tani and Kuge, 2012). Taken together, these studies strongly suggest that sphingolipids play an active role in the membrane maturation events at endosomes and lysosomes in yeast.



ERGOSTEROL AND RAFT DOMAINS

The vertex ring domain that forms between docked vacuoles is enriched in proteins and lipids that are necessary for fusion, including ergosterol (Wang et al., 2002; Fratti et al., 2004; Karunakaran et al., 2012). Ergosterol has also been shown to be necessary for the activation of Cdc42p at the vacuole, promoting homotypic fusion that coincides with, but is not dependent on, Sec18p/Sec17p priming activity (Jones et al., 2010). Although it was shown that ergosterol production was necessary for activation, it’s unknown if this is due to physical interactions between GTPase and sterol, lipid raft modulation, or even through modulating the activity of a guanine nucleotide exchange factor (GEF) or GTPase activating protein (GAP) for Rho proteins at the vacuole.

Ergosterol and sphingolipids in yeast are key players in the lipid raft hypothesis. Liquid phase separation of lipids into stable micrometer domains was observed in giant unilamellar vesicles (GUVs) when monitoring the temperature- and lipid composition-dependent distribution of a fluorescent lipid-based dye (Veatch and Keller, 2003). These coexisting liquid phases were determined to be a liquid-disordered (Ld) like phase consisting of unsaturated acyl-chain phospholipids and a Lo like phase composed of saturated acyl-chain phospholipids and cholesterol. Therefore, it wasn’t entirely surprising that the same phenomenon could also be observed with GUVs made from isolated yeast PtdInsPs (containing an unsaturated acyl chain), ergosterol, and inositol-phosphoceramide (IPC; saturated acyl chains) (Klose et al., 2010). This study utilized Laurdan spectroscopy experiments to measure the anisotropy and movement of the dye within the membrane, and the results suggested that the formation of these domains depended on the presence of C26-phytosphingolipid species due their disappearance from GUVs when the lipids were isolated from elo3Δ or sur2Δ yeast. Some legitimate criticisms and questions about the presence of these membrane microdomains arose from their seemingly short lifetimes in vivo, invasive techniques for isolation and microscopic observation, and physiological relevance of phase transition temperatures. However, many of these questions were addressed when micrometer-scale membrane domains were visualized in live yeast for the first time with relatively non-invasive visualization techniques (Toulmay and Prinz, 2013). This study showed that selected vacuolar proteins with a fluorescent tag could segregate into one of two distinct and separate domains when yeast cells are grown to stationary phase. This segregation could also be induced by glucose starvation, translation inhibition via cyclohexamide, or mild acidic stress, indicating they likely have biological relevance in vacuole homeostasis. Interestingly, two proteins highlighted in this study, Vph1p (discussed below) and Ivy1p, have known and putative roles in the homotypic vacuole fusion cascade, respectively. Ivy1p is a possible I-BAR protein with a role in sensing membrane curvature for fusion and/or fission processes, and is known to interact with the Rab GTPase Ypt7p and the HOPS subunit Vps33p, both of which are necessary for the tethering step of vacuole fusion (Lazar et al., 2002; Numrich et al., 2015; Itoh et al., 2016). Ivy1p was shown to colocalize with the macrolide filipin III that binds to ergosterol in yeast vacuoles, indicating that Ivy1p resides in Lo like rafts enriched in ergosterol and sphingolipids following domain formation in the vacuole membrane. A cursory investigation of the proteins that were found to reside in the Ld like domain in the seminal study revealed that they all contain multiple transmembrane helices. Contrary to this, the proteins that localized to the Lo like domains are soluble proteins that interact with the vacuole membrane via larger membrane complexes (Gtr2p tethers to the membrane via the EGO complex, and Ivy1p binds to Ypt7p and HOPS complex), implying there may yet be a correlation between a protein’s structural biology and its residential membrane domain, but this will require in-depth studies. A screen for yeast mutants that were unable to produce these lipid raft domains in vacuoles pointed to genes in phospholipid production (NEM1 and FAB1) and endosomal maturation/multivesicular body (MVB) formation (VPS4) (Toulmay and Prinz, 2013). There have been some recent advances in understanding how these domains may form in the vacuolar membrane. Tsuji and colleagues showed that the yeast Niemann-Pick type C (NPC) orthologs Ncr1p and Npc2p are essential components for the creation and growth of the Lo ergosterol rich domain (Tsuji et al., 2017). This study also highlighted that that MVB pathway at the endosome facilitates ergosterol transport to the vacuole, again highlighting the interconnectivity of membrane trafficking and homeostasis mechanisms in yeast.



V-ATPase FUNCTION AND LOCALIZATION

The vacuolar ATPase (V-ATPase) is required for proper acidification of the organelle, which is necessary for the activation of resident hydrolases and autophagy, and Vph1p (V0 subunit) forms trans-complexes between vacuoles that promote homotypic fusion, and interacts with a number of fusion effectors (Nakamura et al., 1997; Peters et al., 2001). It was also shown that the localization of Vph1p can shift to the boundary under alkaline conditions for turnover via intralumenal fragment (ILF) recycling (McNally et al., 2017). Studies have linked the activity of the V-ATPase to sphingolipid levels in the vacuole membrane. It was discovered that isc1Δ yeast are unable to acidify the vacuole, and this was due to increased Sit4p-mediated CAPP activity (Teixeira et al., 2016). The V1 component of the V-ATPase requires VLCFAs for proper activity and is regulated by Orm1/2p controlled serine-palmitoyl transferase activity (Chung et al., 2003; Finnigan et al., 2011). Conversely, it was shown that the loss of individual V-ATPase components can drastically alter the levels of complex sphingolipids and hydroxylated species, indicative of a functional relationship between these lipids and vacuolar acidification (Tani and Toume, 2015). As previously mentioned, Vph1p was shown to segregate into a specific membrane compartment that is separate and distinct from the Lo like region enriched in Ivy1p and ergosterol (Toulmay and Prinz, 2013). This Vph1p-containing region was determined to be Ld like in nature due to an observed colocalization with the marker dye Fast DiI. The proton translocation activity is modulated via the regulatory lipid phosphatidylinositol 3,5-bisphosphate (PtdIns(3,5)P2), which would historically correlate well with a Ld membrane domain (Li et al., 2014; Banerjee et al., 2019). There is at least one study that challenges the model of PtdIns(3,5)P2 distributing to the Ld like region and suggests a pool may also enrich in the Lo like membrane rafts. This research used a quick-freezing and freeze-fracture replica labeling (QF-FRL) electron microscopy (EM) method coupled with a highly specific PtdIns(3,5)P2 binding probe to show that a large fraction of this lipid in the vacuole localizes to Ivy1p-enriched/Vph1p-depleted region following hyperosmotic stress (Takatori et al., 2016). This could suggest that there is a pool of PtdIns(3,5)P2 that is remodeled or synthesized with saturated acyl chains, and that membrane microdomains can be induced by distinct mechanisms possibly leading to multiple raft species with distinct lipid and protein compositions.

It is tempting to relate the location of Vph1p and Ivy1p membrane domains to the location and topography of the fusion machinery between tethered and docked vacuoles. We know that ergosterol, Ypt7p, and the HOPS complex localize to the vertex region during fusion, and Vph1p is normally mostly found ubiquitously throughout the vacuole membrane (Wang et al., 2002; Fratti et al., 2004; McNally et al., 2017). It is possible that the vertex region enriched in ergosterol is another Lo like microdomain, which may even form with a different lipid/protein composition than those identified above (Figure 1). Vacuoles are constantly undergoing fission and fusion events when cells are early in their chronological lifespan, which implies the membrane microdomains that only form after reaching stationary phase when vesicular trafficking has decreased would likely have less impact on the vacuolar fission/fusion process. We now know that lipid raft domains can form in the vacuole following a number of stress inputs (reviewed in Tsuji and Fujimoto, 2018), and it will require diligent work to piece together the contributing pathways and factors for the formation different domains. It would be interesting to see if the observable phase separation of vacuole membrane regions can persist following isolation on floatation gradients, and whether it can be induced with changes in pH or osmotic pressure.
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FIGURE 1. The vertex domains of docked vacuoles may represent another lipid raft species. Left, Two-dimensional representation of docked vacuoles. Upon docking vacuoles form distinct morphological regions. The boundary membrane is the flattened area of apposed membranes. The vertex domains form at the transition between the boundary and outer undocked membranes. Right, A zoomed in view of the vertex-boundary transition area. The membranes are composed of disordered and ordered membrane raft-like microdomains. The disordered regions are composed of generalized phospholipids (e.g., phosphatidylcholine) in gray. The vertex domain is a raft-like domain shown as being thicker and contains sphingolipids (SL, pink), ergosterol (Erg, green), phosphoinositides (PtdIns, blue), and vertex-localized phospholipids (PL, mocha). The vertex domain contains SNAREs, Cdc42, Ypt7 and recruits the HOPS complex and is a site for actin polymerization. The V-ATPase subunit Vph1 is present in the ordered and disordered regions of the membrane, but fully assembled and functional V-ATPase requires de novo sphingolipid synthesis (not shown).




AUTOPHAGY

The vacuole is necessary for the highly conserved and essential autophagy degradation pathway that delivers cytoplasmic components for hydrolysis and recycling. This process is highly regulated by a number of mechanisms, including nutrient levels and target of rapamycin complex 1 (TORC1) activity at the vacuole (Reggiori and Ungermann, 2017). It was found that this process is also intimately tied to sphingolipids as autophagic flux and aminopeptidase I (Ape1p) processing are defective in isc1Δ yeast, and this could be rescued by downregulating the TORC1-Sch9p pathway (Teixeira et al., 2016). It is notable that the TORC1 stimulating GTPase Gtr2p of the vacuolar EGO complex localized to Lo like membrane rafts, adding another possible layer of autophagic communication between sphingolipid-rich lipid rafts and TORC1 signaling (Toulmay and Prinz, 2013). It was also shown that blocking endosomal maturation could lead to altered sphingolipid homeostasis and increased ceramide levels, which was found to block the unfolded protein response (UPR) at the ER and TORC1 activity, and these effects were again tied to Sit4p CAPP activity (Mousley et al., 2008). When yeast reach stationary phase they produce more lipid droplets (LDs) presumably to maintain lipid homeostasis within the cell (Walther and Farese, 2012). Wang and colleagues showed that the Lo like raft domains in the vacuole mediate the autophagy of these organelles (lipophagy), and this is dependent on a subset of canonical autophagy related genes (Atg) (Wang et al., 2014). Together these studies confirm the presence of a complicated relationship between sphingolipid metabolism and autophagy whose intricacies remain to be completely understood.



CONCLUSION AND FUTURE PERSPECTIVES

Most sphingolipid biosynthetic genes display varying levels of interactions with genes annotated as having a function in membrane trafficking and endolysosomal maturation. According to the Saccharomyces Genome Database1 AUR1 (the catalytic subunit to IPC synthase) displays genetic interactions with ATG1, GYP1, PEP1, SEC17, VAM7, VPH1, VPS4, VPS8, VPS9, VPS13, VPS21, VPS41, and VPS55. Future studies will require clever and well-planned in vitro and in vivo studies to understand the full contribution of sphingolipids and lipid rafts in the fusion cascade. Although complex sphingolipids are likely to be trafficked to the vacuole within the lumenal leaflet because their biosynthetic enzymes are housed in the lumen of the Golgi, ceramide may face either leaflet due to it higher rate of bilayer translocation or flip-flop, and there may be yet unknown or non-canonical transfer methods to move sphingolipids between leaflets (Levine et al., 2000; Sato et al., 2009). Alternatively, it is possible that the C26 VLCFA facilitates clustering across leaflets, as has been shown for GPI-linked proteins at the plasma membrane (Raghupathy et al., 2015). It would be ideal to create reconstituted systems to examine the sphingolipid contribution to the fusion mechanism, such as those done with SNAREs and proteoliposomes (Zick et al., 2014). Reconstituted in vitro systems will require careful isolation and purification of yeast sphingolipids due to a lack of commercial availability, but they will allow for tight control of the system to observe the direct contribution of individual sphingolipids to membrane fusion. It is likely that both Lo and Ld like membrane domains play a role in vacuole fusion, with each being enriched in different regulatory lipids and proteins that promote fusion. This is supported by the observation that the vertex ring domains are not homogeneous in nature and show a distribution of known fusion factors (Wang et al., 2002; Fratti et al., 2004; Wickner, 2010). There is also a desire for a sensitive sphingolipid-binding probe similar to the fluorescently tagged PtdInsP-binding domains that helped researchers determine the localization of PtdInsPs in a living cell (Burd and Emr, 1998; Várnai and Balla, 1998). Yeast will produce C6-NBD-IPC from C6-NBD-ceramide, but they won’t modify it further. This indicates that either substrate recognition for subsequent glycosylation enzymes heavily relies on the presence of a VLCFA bound at the amide position, or the presence of the fluorescent group prevents association with a substrate-binding pocket, and a similar phenomenon has been observed in some mammalian systems (Lipsky and Pagano, 1985; Levine et al., 2000).

While there is much left to discover, studies that focused on understanding the composition and biological relevance of lipid raft domains at the yeast vacuole have provided exciting results. Future studies should strive for technical coverage by utilizing a number of established methods in conjunction. These studies will need to seamlessly mix the cell biology and physical biochemistry of the membrane by using techniques such as mass spectrometry, Laurdan anisotropy, genetic manipulation, and advanced microscopy to name a few. While many studies referenced above use some of these techniques, further advancement in the field will require more thoughtful and advanced in vitro and in vivo techniques to overcome limitations and obtain a complete picture detailing how the lipid and protein composition of the yeast vacuole changes following stresses and upon reaching stationary phase, and the homeostatic pathways that communicate with this dynamic organelle.
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Lipids are amphiphilic molecules that self-assemble to form biological membranes. Thousands of lipid species coexist in the cell and, once combined, define organelle identity. Due to recent progress in lipidomic analysis, we now know how lipid composition is finely tuned in different subcellular regions. Along with lipid synthesis, remodeling and flip-flop, lipid transfer is one of the active processes that regulates this intracellular lipid distribution. It is mediated by Lipid Transfer Proteins (LTPs) that precisely move certain lipid species across the cytosol and between the organelles. A particular subset of LTPs from three families (Sec14, PITP, OSBP/ORP/Osh) act as lipid exchangers. A striking feature of these exchangers is that they use phosphatidylinositol or phosphoinositides (PIPs) as a lipid ligand and thereby have specific links with PIP metabolism and are thus able to both control the lipid composition of cellular membranes and their signaling capacity. As a result, they play pivotal roles in cellular processes such as vesicular trafficking and signal transduction at the plasma membrane. Recent data have shown that some PIPs are used as energy by lipid exchangers to generate lipid gradients between organelles. Here we describe the importance of lipid counter-exchange in the cell, its structural basis, and presumed links with pathologies.
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INTRODUCTION

Most units of life can be described as a lipidic membrane that encloses an internal and aqueous compartment hosting replication and division machinery, illustrating the fundamental role of lipidic membranes in life. Cells are of course much more complex, with internal membrane-delimited organelles that compartmentalize biochemical reactions. These membranes, with a bilayer structure, result from the assembly of a myriad of lipids together with proteins. The lipid chemistry is diverse with thousands of subspecies. All of these are precisely distributed in the cell. A nanometric snapshot of a cell would reveal that the membrane of the endoplasmic reticulum (ER), the nuclear envelope and the cis-side of Golgi stacks mostly contain phosphatidylcholine (PC), a neutral glycerophospholipid, phosphatidylethanolamine (PE) and phosphatidylinositol (PI), with disordered acyl chains. This snapshot would indicate that, contrastingly, the trans-Golgi, endosomes and the plasma membrane (PM) contain phospholipids whose acyl chains are much more ordered but also more phosphatidylserine (PS), which is an anionic lipid. Moreover, these membranes contain an important amount of sphingolipid and sterol, which is a rigid lipid (Drin, 2014).

Consequently, organelle membranes differ in term of thickness, fluidity, and their surfaces display distinct electrostatic properties in addition to hosting specific signaling capacity. Thereby each organelle membrane offers an environment that is perfectly suited for the activity of particular subsets of integral membrane and peripheral proteins. Thus, the lipid distribution observed inside the cell supports functions as diverse as endocytosis and exocytosis, signaling pathways, ionic exchange, cellular movement, respiratory function, etc.

Many processes continuously mix membranes (for example vesicular trafficking), or consume lipids (for example signaling cascades), and thereby alter the intracellular lipid distribution. To counteract this, mechanisms that create and maintain the lipid content of organelles are constantly in action. Enzymatic metabolic pathways ensure the synthesis, interconversion and degradation of lipid subspecies. In parallel, different mechanisms transfer lipids between and within the cell membranes.

Early on, it has been suspected that transfer routes were at the core of the lipid distribution because most of the lipids or lipid precursors are made in the ER. Therefore, mechanisms are required to export lipids across the cytosol toward the Golgi complex, the PM or mitochondria. Due to the hydrophobic nature of lipids, this should take hours or even days to occur spontaneously, a timescale that is utterly incompatible with cellular functions. Today it is widely assumed that the cell largely relies on Lipid Transfer Proteins (LTPs) that contain a hydrophobic cavity to shield lipids from water and catalyze lipid transfer between organelles (Lev, 2010; Wong et al., 2017). It is equally appreciated that these transfer processes partially take place in membrane contact sites (MCSs), i.e., zones of close apposition (<30 nm) between the ER and the PM or the ER and other organelles (for a recent review, see Prinz et al., 2020).

These LTPs belong to diverse families and show a great structural diversity (Chiapparino et al., 2016). One can distinguish several types of LTPs: those that capture only one lipid ligand, host a few lipids or that accommodate two different lipid ligands. This review will focus on this third class of LTPs, showing that most of these execute heterotypic lipid exchange between two organelles. Strikingly, a shared feature of all of these exchangers is the use of PI or phosphoinositides (PIPs) as lipid ligand (Figure 1). PI accounts for ∼10% of cellular glycerophospholipids (Vance, 2015) and consists of a glycerol backbone that bears two hydrophobic acyl chains and an inositol ring as the polar head. Importantly, PI is the precursor for a group of seven phosphoinositides (PIPs) that act as key signaling lipids. They are generated by PIP kinases and phosphatases that add or remove phosphate groups to a specific (3-, 4-, or 5-) position of the inositol ring. PIPs are produced in little quantities (less than 1% of total glycerophospholipids) in a tightly controlled manner (Di Paolo and De Camilli, 2006; Sasaki et al., 2009). Consequently, organelles harbor trace amounts of specific PIPs, which constitute molecular signposts and support various functions: signaling pathways, vesicular trafficking, cytoskeletal dynamics and ion transport. Notably, phosphatidylinositol 4-phosphate (PI(4)P) is present in the trans-Golgi and the PM, whereas phosphatidylinositol 4,5-bisphosphate (PI(4,5)P2) is restricted to the PM. Herein, we describe the tight links between PI/PIP metabolism and lipid exchangers that belong to three families, namely the Sec14p, PITP and OSBP/ORP/Osh families. We will show that these connections impart the LTPs with a unique and central role in the cell, at the interface between lipid metabolism, cellular signaling and vesicular trafficking.
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FIGURE 1. Map of lipid exchange mechanisms coupled to PIP metabolism in eukaryotes. This map indicates the localization of LTPs, which belong to the Sec14, PITP or OSBP/ORP/Osh family, and are mostly lipid exchangers in human and yeast cells. It indicates how PIP metabolism is spatially organized in the cell and is associated with PI or PIPs-related exchange processes. LTPs are represented by circles. Enzymes of lipid metabolic pathways are colored in black. An inset symbolizes the PM close to the lipid droplet. LTPs with poorly defined localization/function are labeled with a question mark. An arrow with a question mark corresponds to a lipid transfer process whose occurrence is unverified. A lipid with a question mark indicates that its presence in an organelle remains hypothetical. Circles with a question mark: unknown protein. PM, plasma membrae; NE, nuclear envelope; ER, endoplasmic reticulum; cER, cortical ER; endo, endosome; MIS, mitochondrial intermembrane space; MM, mitochondrial matrix; PC, phosphatidylcholine; PS, phosphatidylserine; PE, phosphatidylethanolamine; ERG, ergosterol; CLR, cholesterol; CER, ceramide; SM, sphingomyelin; DAG, diacylglycerol; CDP-DAG, cytidine diphosphate-DAG; PI, phosphatidylinositol; PI(4)P, phosphatidylinositol 4-phosphate; PI(4,5)P2, phosphatidylinositol 4,5-bisphosphate; PI(3,4)P2, phosphatidylinositol 3,4-bisphosphate; VIT E, vitamin E.




PC/PI EXCHANGE BY SEC14P AND THE NANOREACTOR MODEL

PI(4)P labels the cytosolic leaflet of the trans-Golgi where it plays an essential role in vesicular trafficking. For instance, in yeast, PI(4)P, along with the small G protein Arf1p, recruits tetrameric adaptor proteins during the formation of vesicles that supply endosomal and vacuolar compartments with cargo proteins (Conibear and Stevens, 1998) and Gga2p (Demmel et al., 2008) to generate dense secretory vesicles for invertase secretion (Harsay and Schekman, 2002). PI(4)P is also critical in polarized exocytosis, i.e., the biogenesis of secretory vesicles that supply the PM with lipids and proteins during asymmetric cell division. PI(4)P cooperates with the small G protein Ypt32p to initiate a process that involves several downstream proteins, including Sec2p, Sec4p, and Myo2p (Ortiz et al., 2002; Santiago-tirado et al., 2011). Inactivating Pik1p, the unique PI 4-kinase that synthesizes PI(4)P at the Golgi complex, blocks almost all transport routes (Walch-Solimena and Novick, 1999).

Seminal studies in the late eighties showed that Sec14p, a cytosolic protein of ∼ 35 kDa, and the prototypical member of the CRAL-Trio superfamily, is essential to regulate Golgi PI(4)P levels and the secretory competence of the yeast. A key observation is that deleting Sec14p is lethal in yeast, vesicles fail to bud from the Golgi complex, and proteins accumulate within this organelle (Bankaitis et al., 1989, 1990). Intriguingly Sec14p can transfer PI and PC between membranes, unveiling a novel link between lipid transport and vesicular trafficking (Aitken et al., 1990; Bankaitis et al., 1990). Silencing Sac1p, which is ER-localized and the main PI(4)P phosphatase in yeast, bypasses the requirement of Sec14p for cellular viability (Whitters et al., 1993; Rivas et al., 1999). PI(4)P is not hydrolyzed into PI and becomes overabundant, counterbalancing a low PI(4)P production arising from the lack of Sec14p. Accordingly, when Sec14p is absent, the amount of cellular PI(4)P is reduced by half (Schaaf et al., 2008) and the level of available PI(4)P drops at the Golgi surface (Fairn et al., 2007). This resembles what is seen when Pik1p is missing and can be corrected by overexpressing this protein (Hama et al., 1999). Thus, Sec14p and Pik1p cooperate to generate a Golgi PI(4)P pool that can be downregulated by Sac1p.

Intriguingly, the disruption of PC production in Golgi also bypasses the requirement of Sec14p for yeast viability, suggesting that Sec14p modulates other facets of lipid homeostasis that are important for secretion (Cleves et al., 1991; McGee et al., 1994). Sec14p was found to be a repressor of the CDP-choline pathway, one of the two pathways for PC biosynthesis. When absent, PC is generated from diacylglycerol (DAG), resulting in a DAG overconsumption. DAG is critical for vesicle biogenesis, albeit in minor quantities, due to its conical shape and signaling capacity (Baron and Malhotra, 2002; Shemesh et al., 2003; Inés Fernández-Ulibarri et al., 2007; Sophie Mokas et al., 2009; Cruz-Garcia et al., 2013). At high concentrations, DAG promotes vesicle fission by locally creating regions of negative curvature (Shemesh et al., 2003). Thus, the function of Sec14p would be to tune the Golgi DAG and PI(4)P levels to maintain a lipid composition that is permissive for vesicle biogenesis. The crystal structures of apo-Sec14p (Sha et al., 1998) and its closest homolog, Shf1p, bound to either one PI or PC molecule (Schaaf et al., 2008), indicated that Sec14p traps lipids. It has a small N-terminal lobe and a larger C-terminal lobe with a longitudinal hydrophobic cavity which can host one lipid. In Shf1p, the acyl chains of PI or PC, in an extended conformation, occupy the same space in the cavity but the headgroup of each lipid is recognized by a distinct subset of residues. Comparisons between the empty Sec14p and lipid-bound Shf1p structures suggested that, once the lipid is extracted, a helical gate, initially in an open conformation, moves to cover the lipid acyl chains and close the cavity (Schaaf et al., 2008). In comparison to PC, PI is stabilized in Sec14p by more hydrogen bonds, explaining why Sec14p’s affinity for PI is 7–16 times higher than for PC (Panagabko et al., 2003, 2019).

It remains unclear how Sec14p translates its capacity to handle PC and PI into a biological function. Early investigations, using fluorescence- and radioactivity-based assays, showed that Sec14p transfers PC or PI from one membrane to another (Szolderits et al., 1989; Aitken et al., 1990). A recent approach formally established that Sec14p counter exchanges these lipids between two membranes (Sugiura et al., 2019). It is unclear whether this process offers kinetic advantages, i.e., a faster equilibration for each ligand between membranes. That said, the inclusion of PI in membranes was found to accelerate the delivery of PC preloaded in Sec14p (Panagabko et al., 2019), but it is unknown whether the opposite is true. One might suggest, based on these in vitro data, that Sec14p ferries PI from the ER, where it is made, to the Golgi complex to enhance PI(4)P production. Sec14p would remove PC from the Golgi complex to alleviate the toxic effect of this lipid on trafficking (Figure 2A; Cleves et al., 1991).
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FIGURE 2. Mode of action of Sec14p and Nir2 (A). In vitro assays indicate that Sec14p can exchange PC and PI between artificial membranes, which might suggest that Sec14p transfers PI from the ER, where it is synthesized, to the Golgi membrane. Pik1p then converts PI into PI(4)P in an ATP-dependant manner. Yet evidence rather suggests that Sec14p directly presents PI to Pik1p (nanoreactor model). The entry of PC into PI-loaded Sec14p would promote the egress of PI and its presentation to Pik1p in a configuration that is proficient for phosphorylation. (B) Domain organization of PI Transfer Proteins (PITP). The length of proteins in amino-acid is indicated. FFAT, two phenylalanines in an acidic tract; LNS2, Lipin/Ned1/Smp2 domain; DGBL, DAG-binding-like domain. (C) Nir2 associates with the ER-resident VAP protein via its FFAT motif and docks onto the PM, probably by using two domains: a LNS2 domain that recognizes PA and a DGBL domain that possibly interacts with DAG. Using a Class II PITP domain, Nir2 would execute PA/PI exchange to promote the synthesis of PI and the replenishment of the PM PI(4,5)P2 pool, thereby maintaining the signaling competence of the cell. PLC, phospholipase C; DAGK, DAG kinase; CDS, CDP-DAG synthase; PIS, PI synthase. The chemical structures of the different lipids that are represented in the Figure are shown.


Many clues suggest that the intermembrane transfer activity measured in vitro corresponds to Sec14p activity that only occurs when given no other context or task that are available in the cell, and does not accurately reflect its cellular function. It is almost certain that Sec14p must have the dual ability to recognize PC and PI in order to fulfill its function (Schaaf et al., 2008), despite initial data (Phillips et al., 1999). A concept referred to as the nanoreactor model posits that Sec14p performs PC/PI exchange on the Golgi membrane to directly boost Pik1p activity (Schaaf et al., 2008; Bankaitis et al., 2012; Mousley et al., 2012). During a round of exchange, PC causes the egress of PI from the Sec14p cavity to form a Sec14p intermediate presenting the PI headgroup in a configuration that is competent for phosphorylation by Pik1p (Figure 2A); then Sec14p traps a new PI molecule and the PC molecule is expelled. Interestingly, the nanoreactor model assigns a dual role for Sec14p as a PC sensor and PI-presenting device that transmits PC metabolic information to the PI(4)P factory. If the DAG pool, which is crucial for TGN trafficking, is exhausted by the CDP–choline pathway for making PC, a PC pool is created, stimulating the exchange activity of Sec14p and PI(4)P synthesis. Then, higher PI(4)P levels supersede the DAG shortage to preserve vesicular trafficking. This model is difficult to test and initial attempts showed that a PC-binding mutant of Sec14p still elicits PI 4-kinase activity in the presence of PI-rich membrane (Schaaf et al., 2008). Also, given the higher affinity of Sec14p for PI vs PC and that PI is slightly more abundant than PC in the Golgi membrane (Klemm et al., 2009), it is uncertain that Sec14p performs fast PC/PI exchange. Moreover, there is no evidence that Sec14p physically interacts with Pik1p (Bankaitis et al., 2012). Although the structure of its human homolog PI4KIIIβ is known (Burke et al., 2014), we still do not know precisely how Pik1p recognizes and phosphorylates PI.



SEC14 HOMOLOGS IN YEAST

Yeasts also express five Sfh proteins (Sec14 homologs). Sfh1p is quite similar to Sec14p whereas the Sfh2-5p are more divergent (Li et al., 2000). Sfh1p has both nuclear and cytosolic localization but it can also target endosomes, the Golgi complex and vacuoles (Schnabl et al., 2003; Mizuike et al., 2019). Sfh1p has been used as a surrogate of Sec14p for structural studies and has been crystallized with PC or PI (Schaaf et al., 2008). However, overexpressing Sfh1p does not fully restore Sec14p function in yeast and barely transfers PI or PC in vitro (Li et al., 2000; Mizuike et al., 2019; Panagabko et al., 2019). Interestingly, single amino-acid substitutions confer Sfh1p with the ability to substitute for Sec14p, by changing the rate at which PC and PI cycles in and out the binding pocket (Schaaf et al., 2011). Sfh1p traps other phospholipids, PS and PE, and it can be crystallized with PE (Schaaf et al., 2008). Moreover, recent findings suggest that Sfh1p transports PS in yeast to supply PS from the ER to Psd2p, which decarboxylates PS into PE at the endosome surface (Mizuike et al., 2019). It has been suggested that Sfh1p acts as a PS/PE exchanger and delivers PE to the ER.

Like Sfh1p, the other Sfh proteins have PI but not PC transfer activity (Li et al., 2000). Despite this and their low sequence identity with Sec14p, Sfh2p, and Sfh4p can replace Sec14p when they are overexpressed (Li et al., 2000). In vitro, Sfh2p is able to transfer squalene but how this relates to its activity is unclear (Tripathi et al., 2019). Sfh4p functions in ER-endosome contact sites to activate the PS-to-PE conversion by Psd2p. Sfh4p interacts physically with Psd2p and is regulated by PI(4)P. It is unclear how PS is transferred to endosomes (Sfh4p does not transfer PS) and why Sfh4p has PI binding ability (Riekhof et al., 2014; Wang et al., 2020).

Sfh3p has been co-crystallized with PI (Yang et al., 2013) and can alternately encapsulate and transfer sterol (Holič et al., 2014; Tripathi et al., 2019). Sfh3p is linked to ergosterol metabolism and controls a PI(4)P-dependent signaling pathway that regulates the use of lipids at lipid droplets (LDs), which are energy-storage organelles, full of triacylglycerol (TAG) and steryl-ester and covered by a lipid monolayer, that originate from the ER (Holič et al., 2014; Ren et al., 2014). However, it is unclear exactly how Sfh3p functions. Sfh5p is involved in polarized exocytosis by supplying PI to secretory vesicles that fuse with the PM. PI is sequentially converted into PI(4)P and PI(4,5)P2 by the PI 4-kinase, Stt4p, and the PIP 5-kinase, Mss4p. PI(4,5)P2, with the small G protein Cdc42p, govern the organization of the actin skeleton at the PM that assists polarized exocytosis (Liat and Gerst, 2009). Recent computational approaches indicated that Sfh proteins have evolved differently and each contain a specific cavity microenvironment while conserving a common “barcode,” i.e., a few residues at specific positions in the sequence to recognize PI (Tripathi et al., 2019). This gives them specific cellular functions with or even without links to PI/PIP metabolism.



MAMMALIAN SEC14-LIKE PROTEINS CAPTURE AND TRANSFER LIPOPHILIC LIGANDS

α-TTP (α-tocopherol transfer protein) is a Sec14p-like protein with high specificity for α-tocopherol (Panagabko et al., 2003), the most abundant form of vitamin E in mammals, to ensure its secretion from liver cells. Autosomal recessive mutations in α-TTP provoke strong neurological disorders (e.g., ataxia) linked to a deficiency in circulating vitamin E (Mariotti et al., 2004). Intriguingly, a mutation that provokes a severe, early-onset form of the disease does not prevent α-TTP from sequestering α-tocopherol. Instead, it decreases its capacity to recognize PI(4,5)P2 or PI(3,4)P2. In fact, these PIPs guarantee the efficient transfer of α-tocopherol to the PM. In vitro, α-TTP exchanges α-tocopherol for PI(4,5)P2 between membranes (Kono et al., 2013) demonstrating that α-TTP is a vitamin E/PIP exchanger in liver cells.

CRALBP (cellular retinaldehyde-binding protein) is a key component of the visual cycle of vertebrates that binds vitamin A; its malfunctioning leads to several vision pathologies (Saari and Crabb, 2005). In photoreceptor cells, when a photon hits opsin, it induces the photoisomerization of 11-cis-retinal (11-cis-RAL) to all-trans-retinal (all-trans-RAL) linked to that receptor. All-trans-RAL is reduced into all-trans-retinol and transferred to retinal pigment epithelium (RPE) cells. All-trans-retinol is subsequently esterified and the all-trans-retinyl ester is converted into 11-cis-retinol by an isomerohydrolase. CRALBP enhances this process, likely by preventing the inhibition of the enzyme by the end-product of the reaction. CRALP also serves as a substrate carrier for 11-cis-RDH (RDH5), facilitating the oxidation of 11-cis-retinol to 11-cis-RAL (Saari et al., 1994; Winston and Rando, 1998; Stecher et al., 1999). CRALBP then delivers 11-cis-RAL to the PM of RPE for export to the adjacent photoreceptor cells. CRALBP has a high affinity for 11-cis-RAL but cannot bind lipids such as PC or PI (Panagabko et al., 2003). However, structural analyses indicate that the mode of association of CRABLP with its ligand resembles that which is observed for the lipid-bound Sfh1p (He et al., 2009). The CRALBP structure also revealed that a mutation that causes Bothnia dystrophy induces a rearrangement of the Sec14-like domain, thus preventing the release of 11-cis-RAL from the binding pocket (He et al., 2009). Intriguingly, acidic PM phospholipids, such as PS and PA, might enhance the egress of 11-cis-RAL from CRALBP but probably not by an exchange process (Saari et al., 2009).

Another mammalian Sec14-like protein that is suspected to have an intracellular transfer activity is the Supernatant Protein Factor (SPF, also referred to as α-Tocopherol Associated Protein). It stimulates the conversion of squalene to lanosterol, and thus promotes cholesterol biosynthesis, presumably by transferring squalene to metabolically active specific membrane sites (Shibata et al., 2001). SPF is also linked to tocopherol metabolism (Porter, 2003). The structure of its Sec14-like domain, both empty and bound to squalene, is known (Stocker et al., 2002; Christen et al., 2015). It has some affinity for PI (Panagabko et al., 2003) but it is unknown whether this is important for its function.



CLASS I PITP ARE PC/PI EXCHANGERS THAT REGULATE GOLGI FUNCTIONS

In humans, five proteins constitute the PITPs family (Figure 2B; Cockcroft and Carvou, 2007). All of these contain a PI-transfer domain (PITD). Pioneer studies indicated that PITPs of Class I, referred to as PITPα and β, could transfer PC or PI between membranes, suggestive of a capacity to act as PC/PI exchangers between organelles (Helmkamp et al., 1974; Van Paridon et al., 1987; De Vries et al., 1995). Recently, it has been shown that the Class II PITPs correspond to PA/PI exchangers. As detailed below, this has a fundamental implication for phospholipase C (PLC)-based signaling pathways that generate second messengers, DAG and inositol 1,4,5-trisphosphate (IP3), by hydrolyzing PI(4,5)P2 upon receptor activation.

The first class of PITPs is composed of PITPα and β. PITPα is highly expressed in the brain and is predominantly localized in the axons (Cosker et al., 2008) whereas PITPβ is abundant in the liver and localizes to the Golgi complex and the ER (Morgan et al., 2004; Phillips et al., 2006; Shadan et al., 2008). These isoforms have only a PITD with the capacity to trap PI or PC and to transfer them between membranes (Van Paridon et al., 1987). The crystal structures of the rat PITPα and human PITPβ have been solved both empty and loaded with PC or PI (Schouten et al., 2002; Tilley et al., 2004; Vordtriede et al., 2005). The PITD consists of an eight-stranded β-sheet flanked by two long α-helices that form a pocket that can host either one PC or one PI molecule. An α-helix (G-helix), along with 11 C-terminal amino acid residues function as a gate to close the cavity. The polar head of the lipid is embedded inside the pocket: the inositol ring of PI makes contacts with four amino acids which are conserved in the PITD of many proteins (Schouten et al., 2002; Tilley et al., 2004; Vordtriede et al., 2005). In contrast, it is unclear how PC is recognized. The strong network of H-bonds between the PI molecule and the pocket residues explain why PITPα and β have 16-times more affinity for PI than for PC (Van Paridon et al., 1987; Tilley et al., 2004). A structural comparison of apo and lipid-loaded forms of PITP suggests that the G-helix swings out to allow the release of the lipid from the pocket. In its open and empty state, the PITD can dock onto membrane thanks to a larger hydrophobic interface (Tilley et al., 2004; Shadan et al., 2008).

The two PITPs execute distinct but redundant functions. Early data suggested that PITPα assists PLCβ- or PLCγ-based signaling cascades in permeabilized cells (Thomas et al., 1933; Kauffmann-Zeh et al., 1995). Notably, it was proposed that the EGF-receptor recruits PITPα, PLCγ and PI 4-kinase to generate a robust signal by ensuring both the genesis of PI(4,5)P2 and its conversion into second messengers. PITPα was reported to sustain the production of PI(3,4,5)P3 by PI 3-kinase in human neutrophils in response to a chemoattractant (Kular et al., 1997). Other reconstitution assays showed that PITPα promotes the formation of secretory vesicles from the trans-Golgi network (TGN) (Ohashi et al., 1995) or the fusion of secretory granules with the PM (Hay and Martin, 1993). These studies conveyed the idea that PITPs, and more broadly PC/PI exchangers, could assist PIP metabolism and PIP-dependent signaling given that Sec14p could substitute for PITPs in some of these assays. However, most of them did not formally demonstrate that PITPα impacts PIPs levels. Subsequent data indicated that the physiological role of PITPα is related to the development and function of the nervous system. In mice with the vibrator mutation, a 5-fold decrease in PITPα expression leads to tremor, degeneration of the brain stem and spinal cord neurons, and early death (Hamilton et al., 1997). Full ablation of the PITPα gene in mice results in premature death associated to cerebellum diseases, hypoglycaemia, and intestinal and hepatic steatosis due to defects in ER function in different cell types (Alb et al., 2003). Recently, PITPα has been shown to maintain the PIP pools dedicated to PLC and PI 3-kinase-dependent signaling during axonal growth in response to external growth factors, to proteins of the extracellular matrix or to netrin-1, an extracellular guidance cue (Xie et al., 2005; Cosker et al., 2008). Interestingly, PITPα might interact with the netrin receptor along with PI(5)P to maintain the availability of PI(4,5)P2 in the PM. As in the case for Sec14p, it is unclear whether PITPα provisions the PM with PI or directly presents PI to PI 4-kinases.

The function of PITPβ remains ill-defined. Preliminary investigations suggested that the absence of PITPβ is embryonic lethal in mice (Alb et al., 2002) but it has been recently reported that PITPβ-null mice are viable with no obvious phenotype (Xie et al., 2018). In cell culture, PITPβ samples the ER and Golgi surface within a few minutes, which suggests that it executes fast PC/PI exchange between these organelles (Shadan et al., 2008). It is accepted that PITPβ upregulates the Golgi PI(4)P level, but divergent results have been obtained. PITPβ seems to be critical for Golgi-to-ER retrograde trafficking, mediated by COPI-coated vesicles. PITPβ would deliver PI from the ER to the cis-Golgi for maintaining a PI(4)P pool to interface COPI vesicle formation with the binding of Golgi complex to the actin cytoskeleton (Carvou et al., 2010). In contrast, in neural stem cells (NSCs), PITPβ potentiates PI(4)P synthesis not at the cis but at the trans-Golgi and, interestingly, this function is also ensured by PITPα (Xie et al., 2018). The PI(4)P pool serves to recruit GOLPH3 and the non-conventional myosin MYO18A that interacts with F-actin and promotes Golgi-to-PM trafficking. The tensile force exerted by actin cytoskeletal proteins interacting with proteins bound to the TGN, enhances vesicular budding, the secretory capacity of the TGN and its positioning in the apical compartment of NSCs. This facilitates the apical sorting of cargo proteins and lipids and thereby optimizes Golgi responses to apical PM signaling. This is critical: a lack of both PITPα and PITPβ provokes a misalignment of NSCs in the neocortex followed by apoptotic events, preventing dorsal forebrain development.



CLASS II PITPS ARE PA/PI EXCHANGERS THAT MAINTAIN THE SIGNALING COMPETENCE OF THE CELL

Phospholipase C-based signaling pathways rely on the hydrolysis of PI(4,5)P2 to produce second messengers. It has long been appreciated that mechanisms must be in place to rapidly regenerate the PM PI(4,5)P2 pool and preserve the signaling competence of the cell as well as other PI(4,5)P2-dependant processes (channel activation, endocytosis). This relies on the so-called PI cycle, a multi-step pathway that recycles DAG into PI(4,5)P2. A first and necessary step is the conversion of DAG into PA by a DAG kinase (Cai et al., 2009) that is supposed to be DGKε (Epand, 2017). Indeed, this is the only isoform that shows high specificity for DAG species with the same acyl chain composition found in the lipid intermediates of the PI cycle. However, DGKε is more clearly observable at the ER than at the PM, where it should function (Kobayashi et al., 2007; Decaffmeyer et al., 2008). Moreover, although DGKε is involved in PI(4,5)P2-dependant signaling cascades linked to cortex functions in mice, it is surprisingly not essential for their development and survival. Presumably, other DAG kinases can substitute for DGKε in vivo (Rodriguez De Turco et al., 2001). PA is then converted into CDP-DAG via the consumption of CTP by integral membrane proteins, CDP-DAG synthase (CDS1/2) (Lykidis et al., 1997). Thereafter, the PI synthase (PIS) conjugates inositol with CDP-DAG to make PI (Tanaka et al., 1996; Kim et al., 2011). Finally, PI undergoes sequential phosphorylation to generate PI(4,5)P2. For this cycle to function, as foreseen by Michell (1975), it is necessary to transfer PA from the PM to the ER and PI in the opposite direction. Indeed, CDS and PIS, the two enzymes that ensure the PA-to-PI conversion, reside at the ER, whereas PI is phosphorylated at the PM. It was unknown for many years how PA and PI lipids are transferred between these two compartments. As mentioned previously, in 1993 a study from the S. Cockcroft team suggested that the maintenance of PI(4,5)P2-based signaling in human cell lines was dependent on PITPα (Thomas et al., 1933). However, as this protein recognizes PI and PC, this did not indicate how PA is transferred. Later, the same group focused on human RdgBβ (a.k.a. PITPNC1), Nir2 (alias RdgBb1; PITPNM1), and Nir3 (RdgBb2, PITPNM2), which belong to the Class II of PITP and were less well characterized than Class I in respect to their lipid binding properties. RdgBβ only consists of an N-terminal PITD followed by a C-terminal extension of 80 amino-acids. Nir2/Nir3 are more complex with an N-terminal PITD followed by a FFAT motif (two phenylalanines in an acidic tract) to interact with the ER-resident VAP protein (Nishimura et al., 1999; Amarilio et al., 2005; Kim et al., 2013), and two domains, a DDHD domain, which possibly targets PI(4)P (Inoue et al., 2012) and a LNS2 (Lipin/Ned1/Smp2) domain, which was identified in the lipin proteins as possessing PA phosphatase activity. In Nir2, the LNS2 domain lacks a key catalytic residue, suggesting that Nir2 has no PA phosphatase activity but detects PA. An important study found that RdgBβ can trap PI or a second lipid, PA, and not PC (Garner et al., 2012). It is unclear why Class I and II PITD are selective for PC and PA, respectively. Possibly, a single cysteine and a bulky residue, which are critical for the recognition of PC, are replaced by threonine and alanine, respectively, in Class II PITD (Garner et al., 2012).

The PITD of Nir2 and its Drosophila homolog Dm-RdgBα also displays dual specificity for PA and PI. This has central implications. First, Dm-RdgBα is localized to the submicrovillar cisternae (SMC), a subcompartment of the ER adjacent to the microvillar PM of Drosophila photoreceptors cells (Vihtelic et al., 1993), so it is localized in a subcellular region that resembles ER–PM contact sites. Second, loss-of-function mutants in Dm-RdgBα are characterized by an abnormal conversion of light signal into electrical response. Moreover, the rhabdomeric membranes become vesiculated, leading to photoreceptor cell degeneration (hence the name RdgB for retinal degeneration type B). Photon absorption by the GPCR rhodopsin is transduced into electrical activity by G-protein-coupled PLCβ-mediated PI(4,5)P2 hydrolysis. Therefore, one might speculate that Dm-RdgBα and its human homolog are strongly involved in the maintenance of cellular signaling competence. In human cell lines exposed to growth factors, Nir2 translocates to the PM due to the formation of PA, thanks to its C-terminal LNS2 (Kim et al., 2013). Nir2 is required to maintain PM PI(4,5)P2 levels and the stimulation of PI(3,4,5)P3 production by growth factors that positively regulate the MAPK and PI 3-kinase/Akt pathways (Kim et al., 2013). Nir2 locates to the ER by associating with VAP proteins (Amarilio et al., 2005) and Balla and co-workers eventually showed that Nir2 colonizes ER-PM contact sites following PLC activation (Kim et al., 2015). Importantly, they showed that Nir2 transfers PA from the PM to the ER and connects PA with PI metabolism to maintain proper PM PI(4,5)P2 levels. Overall, this strongly suggested that Nir2 acts as a cellular PA/PI exchanger. They also identified a segment called DGBL (DAG-binding-like) with a sequence with some similarity to the DAG-binding C1 domain. This segment cooperates with LNS2 to anchor Nir2 to the PM by recognizing PLC-generated DAG. Once Nir2 is docked to the PM, the excess PA is loaded inside Nir2 PITD and transferred to the ER. PA is used to make PI which is subsequently conveyed to the PM for phosphorylation (Figure 2C). Concurrently, it was reported that Dm-RdgBα, whose molecular configuration is similar to that of Nir2, localizes between the SMC and the PM in photoreceptors cells to couple PA and PI turnover by PA/PI exchange and thus to sustain the PLC-based signal transduction of light (Yadav et al., 2015). Note that elevated cytosolic Ca2+ levels, following PLC activation, enhances the formation of ER-PM contact sites by the membrane-tethering factor E-Syt1 (Giordano et al., 2013), and helps Nir2 to regenerate PI(4,5)P2 (Chang et al., 2013). Interestingly, comparatively to Nir2, Nir3 detects lower level of PA in the PM via its LNS2 domain and has a lower PA transfer capacity. Consequently, Nir3 can sustain proper PI(4,5)P2 levels in resting cells whereas Nir2 is only mobilized during intense receptor activation to actively exchange lipids (Chang and Liou, 2015). Finally, Balla and co-workers noted that a truncated Nir2 mutant that lacks PITD is strongly enriched in ER-PM contact sites (Kim et al., 2015). This suggests that Nir2, by transferring PA to the ER, self-regulates its PA-dependant association to the PM.

Nir2 is detected in ER-Golgi contact sites in resting cells and is critical for maintaining proper DAG levels in the TGN and the secretory capacity of this compartment (Litvak et al., 2005; Kim et al., 2013). Nir2 also controls Golgi PI(4)P levels (Peretti et al., 2008). These observations have been interpreted with the prospect that Nir2 was a PC/PI exchanger. It is today unclear how Nir2, via its PA/PI exchange ability, regulates Golgi DAG or PI(4)P levels. Intriguingly, the Nir2 PITD, which is supposed to move throughout the cytosol in order to exchange lipids, ensures the association of Nir2 with the Golgi surface (Kim et al., 2013). Overall, how Nir2 functions in ER-Golgi contacts besides its role at the ER/PM interface remains a mystery.



ROLE OF CLASS II PITPs IN PATHOLOGIES

There are tenuous links between Class II PITPs and cancer, likely due to their role in coupling lipid metabolism with cellular signaling. Nir2 enhances the transition of mammary epithelial and breast cancer cells into a more motile and invasive state, with a higher metastatic capacity. These effects are mainly mediated by the PI 3-kinase/Akt and the ERK1/2 pathways. Nir2 expression correlates with high tumor grades and poor disease outcomes in breast cancer patients. These new findings reveal important physiological roles of LTPs and their implication in human diseases (Keinan et al., 2014).

RdgBβ has a single C-terminal extension that, upon phosphorylation, associates with the 14-3-3 protein, and increases its stability (Garner et al., 2011; Halberg et al., 2016). Moreover, RdgBβ interacts via its PITD with ATRAP (Angiotensin II Type I Receptor-Associated Protein), a transmembrane protein that interacts with the angiotensin II receptor type 1 (AT1R) and triggers its internalization, shutting-down subsequent PLC activation, and thereby exerts a protective effect against AngII stimulation (Garner et al., 2011, 2012; Cockcroft and Garner, 2013). However, the role of this interaction is unclear. There is compelling evidence that RdgBβ is involved in the metastatic process of cancer cells (Png et al., 2012) and the mechanisms behind this have been unveiled (Halberg et al., 2016). RdgBβ localizes on the Golgi surface in a PI(4)P-dependent manner to recruit the small G protein Rab1, which in turn recruits MYO18A. This enhances the secretory activity of the TGN and the release of pro-invasive and pro-angiogenic factors out of the cancer cell, thereby driving metastasis (Halberg et al., 2016).



A PI(4)P CONCENTRATION GRADIENT TO FUEL STEROL TRANSPORT

The concept of lipid exchange has been greatly expanded through the characterization of oxysterol-binding protein (OSBP) and its homologs in eukaryotes. OSBP was initially identified as a cytosolic protein that bound hydroxysterols (Kandutsch and Thompson, 1980). Moreover, some clues suggested that the downregulation of sterol synthesis by hydroxysterols, most particularly 25-hydroxycholesterol (25-HC), was dependant on OSBP. At the end of the ‘80s, the cDNAs of the rabbit and human OSBP were cloned (Dawson et al., 1989; Levanon et al., 1990), allowing further molecular and cellular analyses. In 1992, Ridgway and co-workers found that the C-terminal half of OSBP contains a oxysterol-binding domain (Ridgway et al., 1992) and that OSBP relocates to the Golgi apparatus in the presence of 25-HC. This translocation depends on an N-terminal pleckstrin-homology (PH) domain of ∼ 90 aa (Haslam et al., 1993; Gibson et al., 1994; Lagace et al., 1997) that recognizes both PI(4)P and the small G protein Arf1 (Levine and Munro, 2002; Godi et al., 2004). OSBP was also found to locate to the ER by interacting with VAP (Wyles et al., 2002), thanks to an FFAT motif (Loewen et al., 2003).

The advent of genomics in the ‘90s led to the discovery of many OSBP homologs in eukaryotes. Based on sequence similarity to the ligand-binding domain of OSBP (OSBP-Related Domain or ORD) (Jiang et al., 1994; Beh et al., 2001), seven genes were identified in S. cerevisiae that encoded proteins specifically named Osh (Oxysterol-binding protein homologs). They were classified into four subfamilies: Osh1/2p, Osh3p, Osh4/5p (a.k.a., Kes1p and Hes1p), and Osh6/7p, on the basis of their overall sequence homology. The first three are complex with a PH domain and an ORD. Osh1p and Osh2p also contain an ankyrin repeats (AR) domain. The other Osh proteins only correspond to an ORD.

Furthermore, 11 human OSBP-related proteins (ORPs) were found, and together with OSBP, they define the ORP family (Lehto et al., 2001). They were classified into six subfamilies on the basis of sequence similarity and gene structure. Most of them resemble OSBP with a PH domain near the N-terminal end, an FFAT motif and a C-terminal ORD. Nevertheless, ORP2, as well as short variants of ORP1, ORP4 and ORP9, are devoid of the PH domain and, in some cases, the FFAT motif too. Members of subfamily IV (ORP5 and ORP8) and subfamily VI (ORP10 and ORP11) have no FFAT motif. ORP5 and ORP8 contain a transmembrane segment. ORP1L has an N-terminal AR domain. Importantly, a conserved EQVSHHPP sequence was identified in the ORD, which became the signature of ORP/Osh family.

The idea that OSBP controls sterol metabolism was progressively ruled out. Instead, it was proposed that OSBP regulates cellular sterol distribution. Sterol is scarce in the ER (<5 mol% of lipids) but represents up to 40 mol% of lipids in the trans-Golgi and the PM (Mesmin and Maxfield, 2009). The maintenance of this sterol concentration gradient in eukaryotic cells was suggested to mostly rely on non-vesicular routes (DeGrella and Simoni, 1982; Urbani and Simoni, 1990; Baumann et al., 2005). This prompted a search for specialized LTPs that were able to move sterol between organelles. OSBP was a plausible candidate (Raychaudhuri and Prinz, 2010) along with Osh proteins whose absence was found to alter ergosterol metabolism and distribution in yeast (Beh et al., 2001; Beh and Rine, 2004). The fact that OSBP has a dual ability to bind the ER and trans-Golgi membrane reinforced this hypothesis. Indeed, OSBP can populate ER-Golgi contact sites (Ladinsky et al., 1999; Marsh et al., 2004) which are thought, like other contact sites, to be hot spots for lipid transfer (Olkkonen and Levine, 2004).

Osh4p is one of the simplest ORPs/Osh proteins, as it only consists of an ORD (Figure 3A). Im and co-workers solved its crystal structure and revealed that it corresponds to an incomplete β-barrel with a deep pocket to host one sterol molecule (Im et al., 2005). This pocket is closed by an N-terminal lid of ∼ 30 amino-acids. The sterol is in a head-down orientation with its 3-hydroxyl group interacting with polar residues at the bottom of the pocket. The rest of the sterol is in contact with the pocket wall and inner side of the lid, stabilizing the closed conformation of Osh4p. The EQVSHHPP signature is recognizable in the structure: the two histidine residues followed by two proline residues are positioned in a β-hairpin that overhangs the entrance of the sterol-binding pocket. Data suggested that the lid opens when Osh4p delivers sterol to the membrane and closes when Osh4p extracts sterol. Osh4p and OSBP were found to transfer sterol between artificial membranes (Raychaudhuri et al., 2006; Ngo and Ridgway, 2009), supporting the notion that ORP/Osh proteins are sterol transporters (Levine, 2005). However, this idea was subsequently challenged. In vitro, Osh4p is a slow sterol transporter (Raychaudhuri et al., 2006) and several Osh proteins display no sterol-transfer activity (Schulz et al., 2009). It is also not certain that Osh proteins transfer sterol in yeast, notably at the ER/PM interface (Schulz et al., 2009; Georgiev et al., 2011). Finally, there are puzzling links between Osh proteins and PI(4)P. Indeed, silencing Osh4p bypasses the requirement for Sec14p meaning that yeasts devoid of Sec14p survive if Osh4p is lacking (Fang et al., 1996). In fact, Osh4p counteracts Sec14p by downregulating the Golgi PI(4)P pool (Fairn et al., 2007). Moreover, Osh4p regulates exocytosis (Fairn et al., 2007; Alfaro et al., 2011), which relies on the PI(4)P-dependent genesis of post-Golgi trafficking vesicles. In addition, Osh3p was found to downregulate PI(4)P at ER/PM interface (Stefan et al., 2011). This suggested that the Osh proteins, in addition to, or instead of transferring sterol, had functions related to PIPs. Our team eventually found that Osh4p sequesters PI(4)P and sterol in a mutually exclusive manner. We solved the structure of the 1:1 Osh4p-PI(4)P complex and determined that the sterol-binding pocket hosts the PI(4)P acyl chains, whereas the cationic residues that define an adjacent and shallow pocket under the lid, recognize the PI(4)P headgroup. These residues belong to the helix α7 and the EQVSHHPP signature. The lid covers the glycerol moiety of PI(4)P.
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FIGURE 3. Sterol/PI(4)P exchangers supply the Golgi membrane with sterol and coordinate SM synthesis with this delivery process at ER-Golgi contact sites. (A) Domain organization of Osh4p and OSBP. Osh4p contains only an ORD. The position of the lid and EQVSHHPP signature in this domain is indicated. The interaction between the domains of OSBP with PI(4)P and other proteins are shown by black lines. G/A, glycine/alanine; PH, pleckstrin homology domain; CC, coiled-coil region. (B) In yeast, ergosterol is synthesized in the ER. Osh4p transfers ergosterol from the ER to the trans-Golgi/post-Golgi membrane and PI(4)P in the backward direction. Pik1p ensures the ATP-dependent phosphorylation of PI into PI(4)P and Sec14p enhances this process. At the ER, Sac1p hydrolyses PI(4)P into PI. This sustains a PI(4)P gradient that drives the transport of sterol, thereby promoting the build-up of sterol in the acceptor membrane, generating a sterol gradient at the ER/Golgi interface. (C) OSBP interacts via its PH domain with PI(4)P and Arf1-GTP and, through its FFAT motif, with ER-resident VAP receptors. As such, OSBP can bridge the ER and the trans-Golgi membrane and contribute to creating ER-Golgi contact sites. PI4KIIIβ is close to OSBP and provides PI(4)P for the sterol/PI(4)P exchange process. The delivery of sterol to the Golgi membrane can indirectly enhance the activity of a second PI 4-kinase (PI4KIIα). OSBP also facilitates the recruitment of CERT by PI(4)P and VAP receptors. CERT releases ceramide into the trans-Golgi, thereby promoting the synthesis of SM and DAG. DAG recruits the PKD which promotes, by phosphorylation, PI(4)P synthesis but negatively regulates the Golgi localisation of OSBP and CERT. The consumption of PI(4)P and production of DAG would trigger the disassembly of ER-Golgi contact sites and stop sterol transfer and SM production. Cer, ceramide; SM, sphingomyelin; ERG, ergosterol; CLR, cholesterol. The chemical structures of sterol, SM and ceramide are indicated. The structure of the other lipids is described in Figure 2.


These findings qualified Osh4p as a sterol/PI(4)P exchanger (de Saint-Jean et al., 2011) and led us to propose a model based on the observation that PI(4)P gradients exist in the cell (Figure 3B). PI(4)P is prominent in the Golgi and the PM (Di Paolo and De Camilli, 2006; Strahl and Thorner, 2007) but absent from the ER due to Sac1 (Foti et al., 2001; Faulhammer et al., 2007). Consequently, a steep PI(4)P concentration gradient exists both at the ER/Golgi and ER/PM interface. Because genetic interactions exist between OSH4, SEC14, SAC1 and PIK1 genes and given that Osh4p locates to the trans-Golgi/post-Golgi level (Li et al., 2002; Fairn et al., 2007), we proposed that Osh4p exploits a PI(4)P gradient at the ER/Golgi interface to vectorially export sterol from the ER to the Golgi, by sterol/PI(4)P exchange cycles. Within a cycle, Osh4p extracts a sterol molecule from the ER membrane, exchanges sterol for PI(4)P at the PM, and then delivers PI(4)P to the ER membrane where PI(4)P is converted into PI. When sterol is released by Osh4p in the trans-Golgi membrane, it is not re-extracted by the protein because PI(4)P competes with it. Conversely, once PI(4)P is delivered in the ER membrane, it encounters Sac1p and is hydrolyzed, meaning that Osh4p has no other option but to capture sterol. Thus, the presence of a PI(4)P gradient maintained by a distant PI 4-kinase and PI(4)P phosphatase can efficiently drive non-stop exchange cycles and the accumulation of sterol in the trans-Golgi membrane.

This model explains why Osh4p downregulates the cellular PI(4)P level (Fairn et al., 2007) and how Sac1p, although it resides at the ER, can get access to its substrate. In vitro measurements supported this model, showing that Osh4p is 10-times more efficient as an exchanger than as a mere transporter (Moser Von Filseck et al., 2015b). Any mutation that compromises the recognition and transfer of one ligand by Osh4p impacts the transfer of the other ligand. Thus, the Osh4p structure encodes a tight coupling between forward sterol and backward PI(4)P transfer between membranes. Moreover, Osh4p can create and maintain a sterol gradient between two membranes by dissipating a pre-existing PI(4)P gradient. These data and the fact that the residues that recognize PI(4)P are strictly conserved in ORPs/Osh proteins suggested that all of these were lipid exchangers driven by PI(4)P (Moser von Filseck and Drin, 2016).

It is still unclear how the cellular function of Osh4p relates to its exchange activity. Osh4p is involved in polarized exocytosis by regulating the genesis and fate of vesicles trafficking from the Golgi to the PM. Likely, Osh4p provisions the TGN with sterol that coalesces with sphingolipids to promote the budding of exocytotic vesicles. By consuming PI(4)P to deliver sterol, Osh4p might also control Drs2p, a PI(4)P-dependent PS flippase, and other PI(4)P-dependent proteins critical for vesicle genesis. Osh4p removes PI(4)P from exocytic vesicles, making them competent to dock with the PM (Ling et al., 2014; Smindak et al., 2017) and possibly augments their sterol content, by sterol/PI(4)P exchange, to help the fusion process (Smindak et al., 2017). The sterol likely originates from the ER, rather than the PM as proposed recently (Smindak et al., 2017), since Osh4p extracts sterol more efficiently from fluid, ER-like than rigid, PM-like membranes (Moser Von Filseck et al., 2015b). Given its abundance (32.103 copies per cell) (Ghaemmaghami et al., 2003) and its sterol transfer rate driven by PI(4)P (>10 sterols.min–1 per protein), Osh4p could supply the TGN and post-Golgi vesicles with 32.104 sterol molecules per minute. During asymmetric division, a process that lasts 2 h, Osh4p could deliver up to 60% of 60.106 sterol molecules that are required, along with other lipids, for doubling the PM surface of the mother cell (Sullivan et al., 2006). This model might explain why changes in Osh4p levels or of its affinity for ligands alter the levels or transversal repartition of sterol in the Golgi membrane and the PM (Proszynski et al., 2005; Georgiev et al., 2011), or repress exocytosis (Alfaro et al., 2011). It is unclear whether Osh4p exclusively uses the Golgi PI(4)P pool. At steady state, yeast PI(4)P levels are low (80,000 PI(4)P molecules per cell with 50% at the Golgi level) (Fairn et al., 2007). This does not indicate how much PI(4)P is hydrolyzed and regenerated over time. As previewed by Stefan and co-workers (Stefan et al., 2011) and measured in human cells (Mesmin et al., 2017), a fast PI(4)P turnover probably exists in yeast to drive sterol transfer.



STEROL/PI(4)P EXCHANGE AT ER/GOLGI CONTACTS SYNCHRONIZES LIPID FLOWS

Finding that Osh4p acts as lipid exchanger allowed us to determine that OSBP works in the cell as a LTP but also as a protein that orchestrates several lipid flows at ER-Golgi contact sites (Mesmin et al., 2013). OSBP dimerizes via coiled-coil regions and bridges the ER with trans-Golgi, via its FFAT motif and PH domain (Figures 3A,C). The OSBP ORD transfers then sterol from the ER to the Golgi. This is coupled with a backward transfer of PI(4)P to the ER membrane where PI(4)P is hydrolysed (Figure 3C). OSBP massively contributes to the ER-to-TGN transfer of sterol by consuming ∼50% of the whole cellular PI(4)P pool (Mesmin et al., 2017). Thus, like Osh4p, the exchange process converts the energy of a PI(4)P gradient into a forward transfer of sterol to the Golgi apparatus (Figure 3C).

Importantly, sterol/PI(4)P exchange plays a second, critical role as it controls the residence time of OSBP and other LTPs in contact sites. Indeed, PI(4)P serves as an anchor point on the Golgi membrane, along with Arf1-GTP, for the PH domain of OSBP. Once OSBP is docked on this organelle, sterol/PI(4)P exchange starts, and PI(4)P is consumed. Consequently, PI(4)P levels decrease, forcing OSBP to disengage from contact sites. One can wonder what justifies such a mechanism since the exhaustion of PI(4)P would arrest the transfer activity of the ORD even if OSBP remains attached to the Golgi surface. In fact, this negative feedback loop synchronizes sterol and sphingolipid abundance in the Golgi membrane, which is crucial for the biogenesis of non-coated vesicles (Duran et al., 2012). Early investigations showed that, intriguingly, OSBP, in addition to VAP, influences the association of the CERT protein with the Golgi complex (Perry and Ridgway, 2006). CERT carries ceramide from the ER to the trans-Golgi (Hanada et al., 2003), where ceramide is transformed into sphingomyelin (SM). It is noteworthy that CERT has the same molecular configuration as OSBP. It contains a START domain instead of an ORD to transfer ceramide but, like OSBP, it bridges the ER and the Golgi membrane via a FFAT-VAP interaction and a PI(4)P-specific PH domain, respectively (Hanada et al., 2003; Kawano et al., 2006). Thus PI(4)P can recruit both OSBP and CERT at ER-Golgi contact sites to simultaneously switch on sterol and ceramide transfer. Inversely, a complete consumption of PI(4)P stops these two processes (Figure 3C; Mesmin et al., 2013, 2017; Capasso et al., 2017). Interestingly, the Golgi PI 4-kinase PI4KIIIβ colocalizes with OSBP, meaning that the PI(4)P source is near the sterol/PI(4)P exchange machinery (Mesmin et al., 2017). This spatial proximity likely arises from the fact that PI4KIIIβ is recruited onto the membrane by Arf1 (Godi et al., 1999). Secondly, PI4KIIIβ docks onto membrane domain whose features (e.g., low lipid-packing) are suited for the recruitment of OSBP by PI(4)P and Arf1. A secondary, more distant PI(4)P source is positively tuned by sterol delivery (Mesmin et al., 2017). Indeed, the presence of sterol activates a palmitoyltransferase that grafts lipid tails to PI4KIIα and thereby ensures its docking to the Golgi (Lu et al., 2012). This second source of PI(4)P elicits the recruitment of CERT to the ER-Golgi contact sites (Banerji et al., 2010) and OSBP in sterol-rich areas (Mesmin et al., 2017). The synthesis of SM, known to promote the thermodynamic trapping of sterol, might assist the PI(4)P-driven delivery of sterol in the Golgi membrane, as measured in vitro with Osh4p (Moser Von Filseck et al., 2015b). Possibly, Nir2 promotes the activity of OSBP and CERT by assisting the synthesis of Golgi PI(4)P (Peretti et al., 2008).

Additional layers of regulation exist and have been recently reviewed (Mesmin et al., 2019). In brief, the conversion of ceramide into SM gives DAG as a by-product. DAG acts as a signaling lipid that cooperates with Arf1-GTP to recruit Protein Kinase D (PKD) (Pusapati et al., 2009), which can then get access to CERT and, through phosphorylation, limits its association with PI(4)P (Prashek et al., 2017; Sugiki et al., 2018). PKD also enhances PI4KIIIβ activity (Hausser et al., 2005) but more permanently that of OSBP. Overall, this results in a net depletion of Golgi PI(4)P. Consequently, OSBP and CERT disengage from contact sites and cease to function (Capasso et al., 2017). All these mechanisms, connected to the sterol/PI(4)P cycle acting as a central timing belt, synchronize sterol and ceramide fluxes, ensuring co-enrichment of both lipids at the Golgi, while regulating DAG and PI(4)P levels. This cellular logistic hub precisely controls the lipid composition of the Golgi membrane, and thereby its secretory function (Duran et al., 2012).



OSBP PLAYS KEY ROLES IN OTHER SUBCELLULAR REGIONS AND IS INVOLVED IN PATHOLOGIES

Functional links exist between OSBP and the endosomal/lysosomal compartment. First, OSBP populates ER-endosomes contact sites to transfer endosomal PI(4)P for clearance by Sac1, thereby controlling WASH-dependent actin nucleation on endosomes and the function of the retromer, a protein coat responsible for endosome-to-Golgi traffic (Dong et al., 2016). Secondly, OSBP is engaged in ER-lysosome contacts to convey sterol to the limiting membrane of lysosomes. This enables mTORC1, a master regulator of cell growth, to be activated on lysosome surface. Thus, OSBP “informs” mTORC1 on cellular sterol availability to launch downstream programs (Lim et al., 2019). Whether these two functions rely on sterol/PI(4)P exchange cycles is unclear. OSBP also connects recycling endosomes to the TGN by interacting with the endosomal RELCH-Rab11 complex to transfer sterol from the first to the second organelle (Sobajima et al., 2018). We do not know whether a PI(4)P level gradient exists at the endosome/TGN interface to fuel this process.

Human pathogens such as enteroviruses (e.g., rhinovirus or poliovirus) or hepatitis C virus (HCV) impose large changes on the morphology and lipid content of host cell membranes as they replicate. All these viruses trigger an overproduction of PI(4)P to remodel compartments into replication organelles that host supracomplexes, combining viral and host proteins, able to replicate the viral genetic material (Romero-Brey and Bartenschlager, 2014). PI4KIIIβ is hijacked by the 3A protein of enteroviruses for overproducing PI(4)P at the Golgi (Hsu et al., 2010) whereas HCV takes control of PI4KIIIα to boost PI(4)P synthesis at the ER (Berger et al., 2009). This PI(4)P overproduction diverts the sterol/PI(4)P exchange activity of OSBP which delivers sterol in high quantities to the replication organelles (Roulin et al., 2014; Wang et al., 2014; Strating et al., 2015). Presumably, sterol, together with sphingolipids, creates an ideal membrane environment for the replication machinery. Of note, Nir2 also contributes to the replication of hepatitis C virus (HCV) by promoting the enrichment of viral replication organelle with PI(4)P (Wang and Tai, 2019). Likewise, PITPβ is a host factor required for the replication of human viruses (Roulin et al., 2014; Ishikawa-Sasaki et al., 2018).

Some drugs, belonging to a class of molecules called ORPhilins, exert an antiviral activity by targeting OSBP. OSW1 binds with a nanomolar affinity to the ORD of OSBP and blocks its exchange activity (Mesmin et al., 2017), thereby inhibiting the replication of enteroviruses (Albulescu et al., 2015) or HCV (Wang et al., 2014). Itraconazole also stops viral replication by binding to the OSBP ORD (Strating et al., 2015). Interestingly, many ORPhilins were initially identified as compounds that inhibited the growth of human cancer cell lines by targeting OSBP (Burgett et al., 2011).



PS/PI(4)P EXCHANGERS REPRESENT A NEW CLASS OF HETEROTYPIC LIPID EXCHANGERS IN ORP/OSH FAMILY

Phosphatidylserine accounts for 2–10% of total membrane lipids (Daum et al., 1999; Leidl et al., 2008; Ejsing et al., 2009; Sampaio et al., 2011). It is distributed along a gradient between the ER and the PM, more specifically its cytosolic leaflet, where it represents 5–7% and up to 30% of glycerophospholipids, respectively (Vance and Steenbergen, 2005; Leventis and Grinstein, 2010). Both this build-up and the asymmetric distribution of PS in the PM are critical for signaling pathways. Indeed, given its negative charge, PS facilitates the recruitment and activity of signaling proteins including Akt, PKC and phospholipases (Leventis and Grinstein, 2010; Huang et al., 2011). PS must be actively transported to the PM since, like sterol, it originates from the ER (Vance and Tasseva, 2013). Little was known about how this is achieved (Leventis and Grinstein, 2010) until the finding that, in yeast, Osh6p and its close homolog Osh7p (Figure 4A), selectively sequester and convey PS from the ER to the PM (Maeda et al., 2013). Structural analyses explained why Osh6p is attuned to specifically trap PS. Subsequently, we established that PI(4)P is the second ligand of Osh6/7p and that Osh6p efficiently exchanges PS for PI(4)P between membranes. In yeast, Osh6p does not transfer PS if its ability to recognize PI(4)P is disabled. Likewise, silencing Sac1p blocks Osh6p activity as the PI(4)P gradient at the ER/PM interface no longer exists. We concluded that Osh6/7p execute PS/PI(4)P exchange to directionally transfer newly synthesized PS to the PM (Figure 4B; Moser Von Filseck et al., 2015a).
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FIGURE 4. PS/PI(4)P exchange at the ER/PM interface. (A) Domain organization of Osh6/7p and ORP5/8. The interaction between Osh6/7p or ORP5/8 with PIPs and other proteins are shown by black lines. TM, transmembrane domain. (B) PS is made by Cho1p from CDP-DAG at the ER. It is transferred by Osh6p/7p to the PM by using a PI(4)P gradient sustained by Stt4p and Sac1p. Osh6p interacts with the cytosolic tail of Ist2p to partially occupy ER-PM contact sites and transfer PS. The synthesis of PI(4,5)P2 by Mss4p enables the recruitment of Ist2p to the PM. The activity of Mss4p is positively tuned when it associates with both PS- and sterol-rich domains. (C) ORP5/8 are anchored to the ER by a TM domain and bind to the PM PI(4)P with PH domains. They must bind the ER and a second membrane to exchange lipids. When the PI(4,5)P2 levels are high, ORP8 is recruited together with ORP5 to supply PS and decrease PI(4)P level to limit PI(4,5)P2 synthesis. At low PI(4,5)P2 levels, only ORP5 docks to the PM and supplies PS unless the PM PI(4)P pool is exhausted. PSS1 synthesizes PS and its activity is inhibited by the end-product of the reaction. The chemical structure of PS is represented in panel C whereas the structure of the other lipids is shown in Figures 2, 3.


Osh6/7p are cytosolic but also locate to ER-PM contact sites (Schulz et al., 2009; Maeda et al., 2013). Recently, we showed that this is due to their interaction with the ER-residing Ist2p protein (D’Ambrosio et al., 2020). Ist2p is a homolog of Ca2+-activated lipid scramblases (Wolf et al., 2012, 2014; Brunner et al., 2014) and contributes to scaffolding yeast ER-PM contacts (Manford et al., 2012; Collado et al., 2019; Hoffmann et al., 2019). Its tethering capacity relies on a long and disordered cytosolic tail whose highly cationic C-terminal end binds to the PI(4,5)P2 present in the PM. Osh6p recognizes a short motif within this linker and this is critical for its exchange activity (Figure 4B), in terms of speed and maybe accuracy. It is unclear whether Ist2p has a scramblase activity (Lee et al., 2018) and whether this is critical for the activity of Osh6/7p.

ORP5 and ORP8 contain an ORD, a PH domain to interact with the PM and are anchored to the ER via a C-terminal transmembrane segment and not by interacting with VAP (Yan et al., 2008; Du et al., 2011; Figures 4A,C). The ORD of ORP5 and ORP8 is the most closely related to that of Osh6p and Osh7p and the ORP5 ORD was found to capture PS (Maeda et al., 2013). A following study showed that ORP5 and ORP8 colonize ER-PM contact sites to deliver PS in the PM by PS/PI(4)P exchange, driven by the synthesis of PI(4)P at the PM and its hydrolysis at the ER (Chung et al., 2015). Thus, PS/PI(4)P exchange is an evolutionarily conserved mechanism.



INTERPLAY BETWEEN PS/PI(4)P EXCHANGE AND PIP METABOLISM AT THE ER/PM INTERFACE

Interestingly, ORP5/8 downregulate PM PI(4,5)P2 levels and, challenging previous structural analyses of ORD (de Saint-Jean et al., 2011; Manik et al., 2017), it has been reported that ORP5/8 could use PI(4,5)P2 as a counterligand, instead of PI(4)P, to provide the PM with PS (Ghai et al., 2017). Yet, another report suggested that PI(4)P is the real ligand (Sohn et al., 2018) and that the PI(4,5)P2 level solely decreases as PI(4)P is the substrate of the PI(4)P 5-kinase (PIP5K) enzyme. In other words, PI(4)P transfer counteracts PI(4,5)P2 synthesis.

As observed for OSBP (Mesmin et al., 2013) an interdependence exists between the mobilization of ORP5 and ORP8 in contact sites and their exchange activity, yet in a more sophisticated manner. The PH domain of ORP5/8 recognizes PI(4)P and PI(4,5)P2 (Ghai et al., 2017; Lee and Fairn, 2018; Sohn et al., 2018). A short cationic region, appended to the PH domain, helps ORP5 and ORP8 to associate with the PM (Lee and Fairn, 2018; Sohn et al., 2018). However, these proteins are not alike: ORP8 weakly associates with the PM, in a more PI(4,5)P2-dependent fashion, compared to ORP5. This is determined by the features of the PH domain and the presence of an anionic N-terminal end that limits its association with the anionic surface of the PM. These differences between the sensory aptitudes of the PH domain of ORP5 and ORP8 form the basis of a rheostat mechanism that exquisitely regulates PI(4)P, PI(4,5)P2 and PS levels at the PM. A decrease in PI(4)P or PI(4,5)P2 levels would mainly reduce ORP5 transfer activity to restore, in turn, optimal PIP levels. In contrast, a rise in PI(4,5)P2 levels would mobilize ORP8 at the PM, in addition to ORP5, to transfer more PI(4)P to the ER, thereby preventing extra PI(4,5)P2 production (Figure 4C).

Remarkably, the presence of PI(4)P alone in the PM is insufficient for the yeast PI(4)P 5-kinase Mss4p to make PI(4,5)P2. Osh6/7p, through PS transfer and the help of other Osh proteins (likely Osh4p), are required to create domains in the PM, made of unsaturated PS and ergosterol, to which Mss4p efficiently binds to exert its activity (Nishimura et al., 2019). Thus, PI(4)P-driven exchange cycles regulate PI(4,5)P2 production negatively and positively, by reducing the PI(4)P availability and by delivering PS and sterol, respectively. Together, these processes precisely tune the lipid composition and PIPs-based signaling competence of the PM.

Collectively, these data revealed that ORP/Osh proteins ensure the accumulation of PS in the PM, while firmly controlling PI(4,5)P2 levels in that membrane. Furthermore, PS/PI(4)P exchange tightly connect ER and PM lipid metabolism. Pharmacological inhibition of PI4KIIIα, which provides PI(4)P to ORP5/8 at the PM, lowers PS synthesis at the ER (Sohn et al., 2016). The reason is that PSS1 and PSS2 enzymes, which make PS by swapping the head of PC and PE, respectively, for serine (Vance and Tasseva, 2013) are inhibited by the end-product of the reaction (Kuge et al., 1998). Thus, with no PI(4)P gradient to drive PS export out of the ER, PS inhibits its own production. Remarkably, in yeast, silencing the equivalent kinase, Stt4p reduces the cellular PS level by limiting the activity of Pss1p (a.k.a. Cho1p) that generates PS from CDP-DAG and serine at the ER (Tani and Kuge, 2014). Moreover, silencing Sac1p or limiting Osh6/7p activity has the same effect (D’Ambrosio et al., 2020). Thus, if PS/PI(4)P exchange are stopped, PS synthesis is repressed due to elevated PS levels at the ER. Of note, missense mutations of PSS1, which render the enzyme insensitive to feedback inhibition by PS and lead to PS overproduction, cause Lenz-Majewski syndrome which is characterized by a generalized craniotubular hyperostosis and intellectual disability (Sousa et al., 2014). Exactly how the development of this syndrome relies on the alteration of PS metabolism is unclear. In cells in which PS is overproduced, ORP8 is absent from ER-PM contacts and weak PI4P clearance from the PM is detected (Sohn et al., 2016). These anomalies, of which the mechanistic bases are unclear, suggest that defects in PIP metabolism might also be involved in the Lenz-Majewski syndrome.



ROLES OF PS/PI(4)P EXCHANGE IN OTHER CELLULAR REGIONS AND IN DISEASES

Phosphatidylserine is also exported from the ER to the mitochondrion and reaches the inner membrane of this organelle for decarboxylation into PE (Vance and Tasseva, 2013). PS transfer occurs in zones of close apposition between the ER and the outer mitochondrial membrane. In yeast, this transfer would be mediated by the ERMES complex. Ups2-Mdm35p (SLMO2-TRIAP1 in humans) then transfers PS to the inner membrane (Tamura et al., 2019). Interestingly, ORP5/8 reside at ER-mitochondria contact sites and help to preserve the morphology and respiratory function of mitochondria, possibly by PS import (Galmes et al., 2016). ORP5 interacts with PTPIP51 (protein tyrosine phosphatase interacting protein-51). This outer mitochondrial membrane protein associates with VAP-B and helps to anchor mitochondria to the ER to support IP3 receptor-mediated delivery of Ca2+ from ER stores to mitochondria and its metabolism (Stoica et al., 2014; Gomez-Suaga et al., 2019). It is unclear whether ORP5 operates PS/PI(4)P exchange since it is not known whether the mitochondrial outer membrane contains PI(4)P. However, this membrane is surprisingly rich in PI, suggesting that PIPs can be synthesized there (Pemberton et al., 2020; Zewe et al., 2020). ORP5 also localizes to ER-LD contact sites. ORP5 associates with the LD monolayer via its ORD and transfer PS in exchange for PI(4)P made by PI4KIIα. ORP5 seems mandatory for the growth of LDs but it is unclear why since the role of PS itself is elusive. Possibly, given its low levels in the monolayer, PS has no structural role but rather a signaling/regulatory function (Du et al., 2020).

Given that ORP5/8 moves lipids around in diverse subcellular regions, one can anticipate that any alteration of their activity results in cell dysfunctions. Supporting this idea, reports have shown that ORP5 expression is linked to increased cancer cell invasion and metastasis. For instance, the invasiveness of pancreatic cancer cells is enhanced by ORP5 overexpression and reduced by ORP5 depletion (Koga et al., 2008). Moreover, analysis of clinical samples suggested that poor prognosis in human pancreatic cancer relates to high expression levels of ORP5 (Koga et al., 2008). ORP5 is also highly expressed in lung tumor tissues, notably those of metastasis-positive cases (Nagano et al., 2015). Furthermore, ORP5 promotes the proliferation and migration of HeLa cells, and this depends on its ability to transfer lipids. Of note, ORP5 positively regulates the mTORC1 complex, which plays a key role in activating cell proliferation and survival (Du et al., 2018). A possible reason is that the activation of Akt, a major upstream effector of mTORC1, strongly depends on its recruitment to the PM by PS (Huang et al., 2011). This supports the idea that any deregulation of ORP5 can distort the signaling capacity of the cell by changing the lipid content of the PM. Corroborating this, a lack of ORP5/8 activity was found to result in lower PS abundance in the PM, reducing the oncogenicity of K-Ras, a signaling protein that is frequently mutated in human cancers (Kattan et al., 2019).



ORP2 EXECUTES A NEW TYPE OF EXCHANGE

ORP2 is expressed ubiquitously in mammalian tissues and consists of an ORD preceded by an FFAT motif (Figure 5A; Laitinen et al., 2002; Loewen et al., 2003). It is able to host cholesterol, oxysterols (notably 22-HC), PI(4)P or PI(4,5)P2 (Wang et al., 2019). ORP2 is cytosolic but prone to locate to the Golgi apparatus, the ER, LDs and the PM (Laitinen et al., 2002; Hynynen et al., 2009; Wang et al., 2019). ORP2 is likely to intervene in TAG metabolism at ER-LD contact sites (Weber-Boyvat et al., 2015b). This would rely on its interaction with VAP, but it is unclear how it targets the LD surface. Other studies showed that overexpressing ORP2 reduces sterol esterification at the ER and increases sterol efflux out the cell, suggesting that ORP2 exports sterol to the PM (Hynynen et al., 2005). It has recently been shown that ORP2 supplies the PM with sterol in exchange for PI(4,5)P2 in liver cells (Wang et al., 2019). Moreover, a lack of ORP2 provokes an enrichment of LEs with sterol at the expense of the PM. This suggests that ORP2 picks up sterol from endosomes and exploits a PI(4,5)P2 gradient at endosome/PM interface to deliver sterol in the PM. This gradient would be sustained by the synthesis of PM PI(4,5)P2 and its degradation into monophosphorylated PI at the endosome surface by 5-phosphatases INPP5B and OCRL. In terms of the energy budget, one ATP is consumed to move one sterol molecule, as proposed for sterol/PI(4)P exchangers (Figure 5B).
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FIGURE 5. Other ORP/Osh proteins act or likely act as lipid exchangers. (A) Domain organization of yeast Osh1p and Osh2p, and human ORP1L, ORP2 and ORP10. The interaction between Osh proteins and ORPs with PIPs and other proteins are shown by black lines. AR, ankyrin repeat domain. (B) Model for ORP2-mediated cholesterol/PI(4,5)P2 exchange. ORP2 transfers cholesterol forward from the endosomal compartment to the PM as a monomer and transfers PI(4,5)P2 backward as a tetramer. (C) Osh1p might occupy ER-Golgi contacts by simultaneously bridging the ER and the Golgi membrane via its PI(4)P-binding PH domain and by interacting with Scs2/22p via its FFAT motif; it would exchange sterol for PI(4)P with its ORD. By alternatively binding to Nvj1p via its AR domain, Osh1p occupies NVJs where it might also function as an exchanger. Whether its PH domain contributes to recruiting Osh1p to vacuolar membrane is unclear. (D) Osh2p locates to ER-PM contact sites and binds to Myo5p for delivering ergosterol at endocytic sites, maybe by sterol/PI(4)P exchange. ERG, ergosterol; CLR, cholesterol.


However, the sterol/PI(4,5)P2 cycle would be different: ORP2 would transport sterol as a monomer but transfer PI(4,5)P2 as a tetramer, but the advantage of this state is unclear. Moreover, the fact that ORP2 transfers PI(4,5)P2 is surprising. Indeed, previous structural analyses suggested that an ORD is unable to properly accommodate PI(3)P, PI(5)P or PI(4,5)P2 due to steric hindrance that would be caused by a phosphate group at position 3 or 5 of the inositol ring (de Saint-Jean et al., 2011; Manik et al., 2017). Yet it is possible to solve the crystal structure of ORP2 in 1:1 complex with PI(4,5)P2. Its inositol ring nests into the pocket with a ∼180° rotation compared with that of the PI(4)P headgroup in other ORD structures (de Saint-Jean et al., 2011; Tong et al., 2013; Moser Von Filseck et al., 2015a; Manik et al., 2017). Two conformations of ORP2 were resolved and one of the two corresponds to the conformation adopted by the protein in its tetrameric state. Intriguingly, the lid is systematically open and one of the acyl chains of PI(4,5)P2 is outside the pocket. Thus these structures differ significantly from the ORD structures in which the ligand — PI(4)P, sterol or PS — is perfectly inserted and shielded by the lid (Im et al., 2005; de Saint-Jean et al., 2011; Maeda et al., 2013; Moser Von Filseck et al., 2015a; Manik et al., 2017). In vitro assays did not clearly show that ORP2 reciprocally exchanges one sterol for one PI(4,5)P2 molecule as established for the sterol/PI(4)P activity of Osh4p (Moser Von Filseck et al., 2015b; Wang et al., 2019). One can wonder whether these ORP2-PI(4,5)P2 complexes are predominant in the cell and also assume that ORP2 functions as a sterol/PI(4)P exchanger. Indeed, ORP2 extracts PI(4)P from membranes in vitro and downregulates both PM PI(4)P and PI(4,5)P2 levels (Wang et al., 2019). As observed for ORP5/8 (Sohn et al., 2018), the regulation of PM PI(4,5)P2 levels by ORP2 might be primarily caused by its ability to execute sterol/PI(4)P exchange and thereby control PI(4)P levels. Moreover, a difference in PI(4)P concentration at the endosome/PM interface might be sufficient to drive sterol transfer. ORP2 fails to exchange sterol for PI(4)P in vitro but these results must be analyzed carefully. The precise nature of sterol (Liu and Ridgway, 2014) or the acyl chains of a lipid ligand, for example PS (Moser Von Filseck et al., 2015a), can strongly influence the activity of ORP/Osh proteins. It is noteworthy that OSBP weakly exchanges sterol and PI(4)P in vitro except in a more sophisticated assay where PI(4)P is hydrolyzed by Sac1 (Mesmin et al., 2013). OSBP is possibly stalled in a PI(4)P-bound form except when PI(4)P is degraded to allow the protein to extract a new sterol molecule. Overall, it is necessary to reassess whether ORP2 functions as a sterol/PI(4)P exchanger. Likewise, it must be explored why the FFAT motif is functionally disconnected from its transfer capacity. More broadly, it must be defined whether the ability of ORP2 to transfer lipids relates to its role in ER-LD contacts and TAG metabolism, the PI 3-kinase/Akt signaling pathway (Kentala et al., 2018), ER-mitochondria crosstalk and adrenocortical steroidogenesis (Li et al., 2013; Escajadillo et al., 2016).



ARE OTHER ORP/OSH PROTEINS LIPID EXCHANGERS?

Sequence analyses suggest that all ORP/Osh proteins can trap PI(4)P. One might thus assume that they are all exchangers that harness PI(4)P metabolism to ferry lipids in the cell, yet this is uncertain. Indeed, Osh3p, ORP6, ORP7, and ORP11 capture or likely recognize PI(4)P but are not able to trap sterol or PS and it is unclear whether they recognize a second lipid to act as exchangers. However, some ORP/Osh proteins have a dual ability to recognize sterol and PI(4)P or PS and PI(4)P and observations suggest that they exchange these lipids in the cell. A recent report suggests that ORP3 acts as a PC/PI(4)P exchanger (D’Souza et al., 2020). Other proteins are associated with a more complex picture. We discuss this in more detail below.



OSH1P AND OSH2P LIKELY ACT AS STEROL/PI(4)P EXCHANGERS TO SUPPORT DISTINCT CELLULAR FUNCTIONS

Osh1p and Osh2p likely act as sterol/PI(4)P exchangers and translate this aptitude to diverse cellular outputs, owing to interactions with given partners in specific subcellular sites. Their architecture resembles that of many ORP/Osh proteins with a PH domain, an FFAT motif and a C-terminal ORD (Figure 5A; Jiang et al., 1994) but they contain an N-terminal AR domain upstream of the PH domain.

Osh1p associates with the ER by interacting with Scs2p, the yeast VAP (Loewen et al., 2003), but it has a dual cellular localization. It localizes at the Golgi apparatus, presumably at ER-Golgi contacts, owing to its PI(4)P-binding PH domain. It also occupies nuclear-vacuolar junctions (NVJs), i.e., zone of close apposition of the outer nuclear membrane (ONM) with the vacuole (Levine and Munro, 2001). This depends on the association of its AR domain with the cytosolic part of Nvj1p (Kvam and Goldfarb, 2004, 2006; Shin et al., 2020), a protein that bridges the ONM to the vacuole through an interaction with the vacuolar protein Vac8p. The PH domain likely has no major role in recruiting Osh1p to NVJs (Levine and Munro, 2001; Shin et al., 2020; Figure 5C). Structural and biochemical analyses showed that the Osh1p ORD traps sterol and PI(4)P in a competitive manner and transfers sterol between membranes (Manik et al., 2017). Whether Osh1p can execute sterol/PI(4)P exchange between membranes like Osh4p awaits examination. Osh1p regulates post-Golgi vesicular trafficking to the PM, by supplying ergosterol to the TGN (Umebayashi and Nakano, 2003). Thus, Osh1p might use the Golgi PI(4)P source to deliver sterol. At the NVJs, Osh1p maybe conveys sterol from the ONM (in continuity with the ER) to the vacuole and regulate two sterol-dependant features of this organelle, its size and dynamics (Kato and Wickner, 2001; Hongay et al., 2002; Fratti et al., 2004; Li and Kane, 2009). It is unclear whether Osh1p moves sterol by exchange for PI(4)P because it is unknown whether the vacuolar membrane harbors PI(4)P. Interestingly, the activity of Osh1p is tuned by external signals that modify its repartition between the Golgi apparatus and NVJs (Kvam and Goldfarb, 2006; Shin et al., 2020). During the log phase, Osh1p is evenly distributed between these regions, but associates only with NVJs when the cell enters a stationary phase (Levine and Munro, 2001), due to higher expression of Nvj1p (Roberts et al., 2003). Tryptophan uptake is downregulated during nutrient depletion, probably because Osh1p is not located at the Golgi complex and cannot positively tune the export of the tryptophan permease Tat2p to the PM (Kvam and Goldfarb, 2006). Osh1p also dissociates from the Golgi membrane when the cytosolic pH becomes low in response to glucose deprivation. This relies on the fact that its PH domain has less affinity for the PI(4)P headgroup which undergoes protonation in that context (Shin et al., 2020). Thus, external factors change the yeast activities by regulating where sterol is delivered by Osh1p.

Osh2p localizes at ER-PM contacts owing to its PH domain and its FFAT motif (Loewen et al., 2003; Roy and Levine, 2004; Schulz et al., 2009; Schuiki et al., 2010; Maeda et al., 2013). Ultrastructural investigations revealed that Osh2p is at the rim of cortical ER and is physically linked to endocytic invaginations (Figure 5D; Encinar del Dedo et al., 2017). Osh2p associates with Myo5p, a type-I myosin that is required for actin assembly and scission of endocytic vesicles from the PM. Corroborating in vitro data (Schulz et al., 2009), Osh2p was found to create sterol-rich domains at endocytic sites to assist actin polymerization. Osh2p also lowers cellular PI(4)P levels (Stefan et al., 2011), which might reflect its sterol/PI(4)P exchange activity. It is unknown whether Osh2p regulates PI(4)P and PI(4,5)P2 pools to coordinate sterol delivery with the assembly/disassembly of the clathrin coat and actin polymerization.



A COMPLEX PICTURE FOR SEVERAL ORPs

In humans, ORP1 and ORP2 define the ORP subfamily I. ORP1 exists as a long version, (ORP1L), which contains an N-terminal AR domain followed by a PH domain, an FFAT motif and a C-terminal ORD, and a shorter one, ORP1S, only consisting of the ORD (Figure 5A; Lehto et al., 2001; Loewen et al., 2003). So far, it is unclear whether these proteins act as sterol/PI(4)P exchangers, as pure sterol transporters or sterol sensors. ORP1 ORD can trap either cholesterol or PI(4)P (Vihervaara et al., 2011; Zhao and Ridgway, 2017; Dong et al., 2019) and displays some affinity for oxysterols (Suchanek et al., 2007; Vihervaara et al., 2011). ORP1L is unique amid ORPs as it docks onto late endosomes (LEs) and lysosomes (Johansson et al., 2003), by interacting, via its AR domain, with Rab7, a protein that specifically locates to these compartments (Johansson et al., 2005) and plays regulatory roles. Rab7 recruits, once in a GTP-bound state, the Rab7-interacting lysosomal protein (RILP) that in turn recruits p150Glued, a component of dynactin/dynein motor complex. Together, these proteins control the movement of LEs/lysosomes along microtubules. When cholesterol abounds in the limiting membrane of LEs/lysosomes, ORP1L encapsulates sterol and adopts a conformation that breaks its FFAT-mediated interaction with VAP (Rocha et al., 2009; Vihervaara et al., 2011). As a result, LEs/lysosomes cluster in a perinuclear area by moving toward the minus-end of microtubules. When the cellular cholesterol level decreases, ORP1L undergoes a conformational change allowing its binding to VAP and the release of the dynactin/dynein complex. Therefore, LEs/lysosomes are scattered at the cell periphery and engaged in contacts with the ER (Rocha et al., 2009; Vihervaara et al., 2011). ORP1L might also act as an LTP according to diverse and even opposite modalities. ORP1L would transfer cholesterol from the ER to the limiting membrane of LEs, when sterol is scarce (Eden et al., 2016), maybe by using an endosomal PI(4)P pool (Hammond et al., 2014), to participate in endosome maturation. Conflicting studies suggest that ORP1L conveys LDL-derived cholesterol, expelled out from LEs/lysosomes by NPC1, to the ER along its concentration gradient (Zhao and Ridgway, 2017). This transfer cannot be ensured by sterol/PI(4)P exchange, which would drive forward sterol transfer to the endosome, but depends on PI(4)P. Recent investigations dismissed the idea that ORP1L transports PI(4)P, showing instead that its sterol transport activity is enhanced by a endosomal/lysosomal PI(3,4)P2 pool (Dong et al., 2019). ORP1S has a cytoplasmic/nuclear distribution. It moves cholesterol from the PM to the ER and LDs (Jansen et al., 2011), but also from LEs/lysosomes to the PM, counteracting ORP1L action (Zhao et al., 2020). It is unclear how the capacity of ORP1S to shuttle sterol relates to the recognition of PI(4)P or other PIPs (Zhao et al., 2020). Overall, it remains difficult to define how ORP1S and ORP1L precisely function.

ORP3 is the best characterized member of subfamily III. It contains a PI(4)P/PI(4,5)P2-specific PH domain to associate with the PM (Gulyás et al., 2020), a canonical and non-canonical FFAT motif (Loewen et al., 2003; Weber-Boyvat et al., 2015a) and a C-terminal ORD that was recently shown to capture PI(4)P or PC, but neither PS nor sterol (D’Souza et al., 2020; Gulyás et al., 2020). ORP3 relocates to ER-PM contact sites upon phosphorylation by PKC following PMA treatment or agonist stimulation (Lehto et al., 2008; Weber-Boyvat et al., 2015a; Gulyás et al., 2020), a process that is synergized by an elevation of intracellular Ca2+ through store-operated calcium entry (SOCE) by the STIM/Orai1 complex. ORP3 might undergo a conformational change that exposes its PH domain and FFAT motif and ensures its translocation to contact sites. ORP3 activation by PKC and Ca2+ entry is linked to a mechanism implicated in focal adhesion dynamics. Once recruited to ER-PM contact sites, ORP3 interacts with IQSec1, a guanine nucleotide exchange factor of Arf5 to trigger focal adhesion disassembly (D’Souza et al., 2020). It is proposed that this process, associating STIM/Orai1, ORP3 and IQSec1/Arf5 occurs at the rear-front of cells to guarantee their migration (Machaca, 2020). It is unclear how this relates to reports showing that ORP3 recruits R-Ras, a small G protein that is also involved in cell adhesion and migration (Lehto et al., 2008; Weber-Boyvat et al., 2015a). Likewise, it is unknown whether the cellular function of ORP3 relies on its ability to downregulate PM PI(4)P levels and, maybe, to mediate PC/PI(4)P exchange (D’Souza et al., 2020; Gulyás et al., 2020).

ORP4 is the closest homolog of OSBP and is able to host sterol or PI(4)P via its ORD, to interact with VAP, and target PI(4)P via its PH domain (Wyles et al., 2007; Goto et al., 2012; Charman et al., 2014). However, ORP4 has distinct functions, and it is unclear whether it acts as a sterol/PI(4)P exchanger. ORP4L can partially localize to ER-Golgi contact sites, with its PH domain and through heterodimerization with OSBP to regulate Golgi PI(4)P homeostasis (Pietrangelo and Ridgway, 2018). However, ORP4 and shorter variants can interact with intermediate filaments called vimentin and remodel the vimentin network near the nucleus (Wang et al., 2002). Also, ORP4 is critical for the survival and proliferation of immortalized and transformed cells (Charman et al., 2014; Zhong et al., 2016a, b). In lymphoblastic leukemia T cells, ORP4L partly localizes on the PM where it serves as scaffolding protein for G-protein coupled receptors and PLC-β3. This triggers the production of IP3 and Ca2+ release from ER stores, which ensures the proliferation of macrophages and transformed T-cells (Zhong et al., 2016a, b, 2019). Possibly, ORP4L promotes PLC-β3 translocation from the nucleus to the PM (Pan et al., 2018) and extracts PI(4,5)P2 from the PM to present this lipid to PLC-β3 and boost its activity (Zhong et al., 2019). Overall, it remains unclear why ORP4L has distinct localizations, why it can bind sterol, PI(4)P and PI(4,5)P2 and why it interacts with vimentin.

ORP9 exists in a long form, ORP9L, whose domain organization and subcellular localization resemble those of OSBP. It binds to VAP proteins and associates with the trans-Golgi/TGN via a PH domain (Wyles and Ridgway, 2004; Ngo and Ridgway, 2009). In vitro, ORP9L can sequester sterol or PI(4)P (Liu and Ridgway, 2014) and transfer sterol between synthetic membranes (Ngo and Ridgway, 2009; Liu and Ridgway, 2014). ORP9L appears to be important for maintaining ER-to-Golgi vesicular transport and Golgi organization, as well as sterol levels in the post-Golgi and endosomal compartment (Ngo and Ridgway, 2009). ORP9L impacts Golgi PI(4)P levels and cooperates with OSBP for building ER-Golgi contacts (Venditti et al., 2019). However, ORP9L seems functionally different from OSBP: its activity is decoupled from that of CERT and, presumably, ORP9L does not transfer sterol to the Golgi by sterol/PI(4)P exchange (Ngo and Ridgway, 2009). ORP9S is a shorter ORP9 variant that is absent from the Golgi surface as it lacks the PH domain. However, it can downregulate Golgi PI(4)P levels in a VAP-dependent manner (Liu and Ridgway, 2014), maybe by occupying preformed ER-Golgi contacts. ORP9S can disorganize Golgi structure and ER-to-Golgi trafficking (Ngo and Ridgway, 2009). Overall, it is unclear whether ORP9 variants are sterol/PI(4)P exchangers.

ORP10 is one of the two members of the ORP subfamily VI (Figure 5A). It was first described as a microtubule-associated protein that localizes to the Golgi complex and controls ER-Golgi trafficking to modulate the secretion of apolipoprotein B-100 from hepatocytes (Nissila et al., 2012). ORP10 associates with the Golgi complex via its PH domain (Nissila et al., 2012) and its ORD can trap PS (Maeda et al., 2013). Silencing ORP10 alters the PS content at the TGN, but also severely reduces ER-TGN contact sites (Venditti et al., 2019). ORP10 has no FFAT motif and heterodimerizes with ORP9 (Nissila et al., 2012) to colocalize with OSBP in ER-Golgi contacts, possibly for coordinating PS transfer, by PS/PI(4)P exchange, with ER-to-Golgi sterol transfer. These observations partially explain how PS accumulates at the TGN (Leventis and Grinstein, 2010).



DISCUSSION

Lipid exchangers belonging to three distinct families make critical connections between lipid metabolism, vesicular trafficking and signaling pathways, through the provision of lipids to organelles. Many of these ensure the directional transfer of lipids and are propelled by metabolic pathways that use CTP and ATP energy to create PI and/or PIPs. The biochemical features of lipid exchange modules might offer safeguard mechanisms to prevent any futile transfer of lipids between organelles. In vitro analyses of Osh4p revealed tight coupling between the rate of sterol and PI(4)P transfer that occur in opposite directions between membranes (Moser Von Filseck et al., 2015b). Simply stated, if sterol or PI(4)P is missing, the transfer of the other ligand is much slower. Likewise, mutations that abrogate the affinity of Osh4p for PI(4)P also shut down its sterol transfer capacity. Such a coupling might also exist for other ORP/Osh proteins. For instance, OSBP, Osh6p, or ORP2 fail to transfer sterol or PS in the cells when their ability to recognize PI(4)P is compromised (Mesmin et al., 2013; Moser Von Filseck et al., 2015a; Wang et al., 2019). Thus, one can assume that the ORP/Osh-mediated transfer of sterol and PS cannot occur between organelles if there is insufficient PIP available. Moreover, in the absence of transfer from the ER, feedback mechanisms can be activated to limit the accumulation of sterol or PS in that compartment (Kuge et al., 1998; Brown et al., 2018). It is unclear whether tight coupling exists between PA and PI transfer catalyzed by Class II PITP. This is perhaps less critical as these two lipids are metabolically connected: a lack of PA or PI synthesis can ultimately limit the production of the other lipid.

Interestingly, several lipid exchangers, as they share an analogous architecture, are regulated at contact sites by similar mechanisms. In complex LTPs such as OSBP, ORP5/8 and Nir2, an interdependence exists between the lipid transfer module and the Golgi/PM-targeting domain that both have the same lipid specificity (e.g., PI(4)P in the case of OSBP and PA in the case of Nir2/Nir3) (Mesmin et al., 2013; Kim et al., 2015). This adjusts the mobilization of these LTPs at contact sites as function of the amount of available lipid to be transported. Also, the existence of homologous LTPs (e.g., ORP5/8 and Nir2/3), with slightly different aptitudes to target PIPs or PA at the PM and to transfer these lipids, support exchange processes that occur with specific velocities and for precise lipid concentration thresholds (Chang and Liou, 2015; Sohn et al., 2018). This introduces subtle ways to regulate PIP metabolism at the PM in response to external stimuli. It is unclear why certain exchangers rely on VAP to associate with the ER whereas others are directly anchored to this compartment (Amarilio et al., 2005; Chung et al., 2015).

It is also worth noting that, despite being structurally unrelated (Chiapparino et al., 2016), the lipid transfer modules of Sec14p, PITPs and ORPs/Osh proteins share features that seem important for their activity. All of these have a conserved fingerprint or bar code to recognize PI or PIPs but have evolved to recognize diverse secondary ligands and fulfill specific functions. Moreover, in these modules, a lid/gate controls the access to the lipid-binding pocket and modifies how these modules bind to membrane when it closes. Indeed, these domains adopt a membrane-docking conformation when they are empty and a soluble state once they encapsulate a lipid. We recently reported how Osh6/7p can interact with the PM during an PS/PI(4)P exchange cycle and then escape from this membrane, which is highly anionic, to return to the ER, whose surface is more neutral (Yeung et al., 2008; Leventis and Grinstein, 2010). The avidity of Osh6p for anionic membranes is strongly reduced, once it extracts PS or PI(4)P, due to the closing of its lid that contains an anionic D/E-rich motif (Lipp et al., 2019). This helps Osh6p to self-limit its dwell time on membranes and thereby, to efficiently transfer lipids at ER-PM interface. Of note, ORP1 ORD was found to associate less with the membrane upon sequestering its ligand (Dong et al., 2019). Likewise, PITPα and PITPβ have less membrane-binding affinity when trapping PI (Panagabko et al., 2019). This might explain why they rapidly shuttle lipids between membranes in vitro, and possibly between organelles. Of note, chemical intervention and maybe endogenous phosphorylation can freeze PITPβ in an empty and membrane-docking conformation by impairing the extraction of the lipid and the closing of the gate (Shadan et al., 2008). Consequently, PITPβ remains tightly bound to the organelle surface. The PITD of Nir2 might have a dual role, i.e., to exchange lipids at ER-PM contacts in stimulated cells or to recruit Nir2 to the Golgi membrane in resting cells (Kim et al., 2013). A mechanism that is able to control the conformation of the PITP domain is most probably at play. α-TTP has less affinity for membranes in the presence of α-tocopherol (Morley et al., 2008) and recent data suggest that Sec14p dissociates from membrane when it extracts a ligand (Sugiura et al., 2019). Considered together, these data suggest that the lipid exchangers have mechanisms to dissociate from the membrane upon lipid extraction that offer kinetic advantages. Whether this is valid for most ORP/Osh proteins or Class II PITP awaits examination.

Our knowledge of the LTP modes of action directly relies on our ability to establish how they displace lipids in vitro or in cells. We succeeded to show that ORP/Osh proteins are lipid exchangers as we could measure their ability to simultaneously transfer lipids along opposite directions between membranes. Moreover, it was possible to analyze how these exchange processes rely on Sac1, the lipid content and curvature of membrane, and the acyl chain composition of ligands (Mesmin et al., 2013; Moser Von Filseck et al., 2015b). In cells, one can measure the exchange activity of ORP/Osh proteins and Class II PITP (Mesmin et al., 2013, 2017; Chang and Liou, 2015; Chung et al., 2015; Kim et al., 2015; Moser Von Filseck et al., 2015a; Sohn et al., 2018; Wang et al., 2019). This is feasible due to the nature of lipids under scrutiny. Indeed, sterol transfer activity can be measured in vitro and in cells using a natural and fluorescent sterol or genetically encoded-fluorescent biosensors. Likewise, natural PIPs or PS can be tracked between artificial or cellular membranes by fluorescent probes based on lipid-binding domains. In contrast, it has always been difficult to analyze in vitro how PC/PI exchangers function due to the identity of the ligands. First, as PC is a major background lipid of cell membranes, it is delicate to infer how this lipid, as a ligand, contributes to the speed of the PC/PI exchange process. Secondly, the technology does not yet exist to follow the transfer of natural PC and PI in real-time. One must use radiolabeled lipids in assays lacking temporal resolution or fluorescently labeled PC or PI with potential biases due to the fluorescent moieties. However, efforts have recently been made to overcome these difficulties using single-angle neutron scattering (Sugiura et al., 2019). It is also challenging to follow the cellular activity of PC/PI exchangers due to the lack of PC or PI biosensors. Fortunately, new tools have been designed to directly or indirectly measure the presence of PI in the membrane (Pemberton et al., 2020; Zewe et al., 2020). They revealed that PI is abundant in the Golgi membrane except if the production of PI is eliminated at the ER. This suggests that PI transfer occurs and creates a Golgi PI pool that is used thereafter to produce PI(4)P. In contrast, the PM contains hardly any PI, suggesting that PI is directly presented to PI 4-kinases. These tools might help to define whether Sec14p and PITPs move PI in the cell and how quickly, and whether they directly present PI to PI 4-kinases or deliver PI to the membrane. It will be also interesting to obtain structural and kinetic data on Class II PITPs, in particular Nir2, to accurately define how PA and PI are recognized and counter exchanged. The use of probes for PI and PA (Spo20) (Kim et al., 2015) might help to achieve this goal and to improve our understanding of how Class II PITPs efficiently respond to the consumption of PIPs by PLC-based signaling cascades.
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The lipids phosphatidylserine (PtdSer) and phosphatidylethanolamine (PtdEth) are normally asymmetrically localized to the cytosolic face of membrane bilayers, but can both be externalized during diverse biological processes, including cell division, cell fusion, and cell death. Externalized lipids in the plasma membrane are recognized by lipid-binding proteins to regulate the clearance of cell corpses and other cell debris. However, it is unclear whether PtdSer and PtdEth contribute in similar or distinct ways to these processes. We discovered that disruption of the lipid flippases that maintain PtdSer or PtdEth asymmetry in the plasma membrane have opposite effects on phagocytosis in Caenorhabditis elegans embryos. Constitutive PtdSer externalization caused by disruption of the major PtdSer flippase TAT-1 led to increased phagocytosis of cell debris, sometimes leading to two cells engulfing the same debris. In contrast, PtdEth externalization caused by depletion of the major PtdEth flippase TAT-5 or its activator PAD-1 disrupted phagocytosis. These data suggest that PtdSer and PtdEth externalization have opposite effects on phagocytosis. Furthermore, externalizing PtdEth is associated with increased extracellular vesicle release, and we present evidence that the extent of extracellular vesicle accumulation correlates with the extent of phagocytic defects. Thus, a general loss of lipid asymmetry can have opposing impacts through different lipid subtypes simultaneously exerting disparate effects.

Keywords: phagocytosis, lipid asymmetry, flippase, phosphatidylserine, phosphatidylethanolamine, extracellular vesicle


INTRODUCTION

The asymmetric localization of lipids in the plasma membrane is important for many of its barrier and signaling functions (van Meer et al., 2008; Fadeel and Xue, 2009). However, lipid asymmetry is intentionally disrupted during diverse biological processes, including cell division, cell fusion, and cell death (van Meer et al., 2008; Nagata et al., 2020). For example, phosphatidylethanolamine (PtdEth) and phosphatidylserine (PtdSer) are normally enriched on the cytosolic leaflet of the plasma membrane, but dying cells externalize both PtdEth and PtdSer on their surface (Elvas et al., 2017; Nagata et al., 2020). Exposed PtdSer is thought to serve as an “eat-me” signal to induce phagocytosis (Nagata et al., 2020), but several engulfment receptors have been shown to bind both PtdEth and PtdSer (Simhadri et al., 2012; Richard et al., 2015), making it unclear whether exposed PtdEth has a similar or distinct role. Thus, it is important to determine whether a general loss of lipid asymmetry or the exposure of a specific lipid is important for phagocytosis.

Lipid asymmetry is maintained by proteins including aminophospholipid translocases known as flippases that hydrolyze ATP to actively localize specific lipids to the cytofacial leaflet (Kobayashi and Menon, 2018). Initial hints into specific roles for PtdSer and PtdEth during phagocytosis have been provided by studies of two flippases from the Caenorhabditis elegans P4-ATPase family: TAT-1 and TAT-5. TAT-1, the ortholog of mammalian ATP8A1 (Zullig et al., 2007), maintains PtdSer asymmetry on the cell surface (Darland-Ransom et al., 2008), but does not play a major role in maintaining PtdEth asymmetry (Wehman et al., 2011). After tat-1 knockdown, there is an apparent increase in the number of cell corpses (Zullig et al., 2007); indeed, PtdSer exposure on tat-1 mutant neurons led them to be mistaken for dying cells and cleared (Darland-Ransom et al., 2008). These studies suggest that PtdSer exposure induces cell death or increases phagocytosis.

The flippase TAT-5, orthologous to mammalian ATP9A and ATP9B (Zullig et al., 2007), maintains PtdEth asymmetry in the plasma membrane (Wehman et al., 2011), but does not play a major role in maintaining PtdSer asymmetry (Darland-Ransom et al., 2008; Wehman et al., 2011). TAT-5 and its activator, the large Dopey domain protein PAD-1, prevent PtdEth externalization, and maintain plasma membrane integrity by preventing extracellular vesicle budding (Wehman et al., 2011; Beer et al., 2018). One study found no increase in germline cell corpses after tat-5 knockdown (Zullig et al., 2007), while another observed that germline cell corpses accumulate after tat-5 knockdown (Green et al., 2011). Thus, it is unclear whether TAT-1 and TAT-5 have similar roles in preventing cell death or promoting cell corpse clearance.

As previous studies used steady-state assays to test the role of TAT-1 and TAT-5 in cell death and/or phagocytosis, we examined several new models where individual dying cells or cell fragments can be observed from birth to engulfment using time-lapse imaging. For example, the corpse of the second polar body rapidly externalizes PtdSer and is internalized via actin-driven phagocytosis in C. elegans embryos (Fazeli et al., 2018). In addition, C. elegans embryos phagocytose cell debris called midbody remnants, which are released after cell division and also expose PtdSer on their surface (Chai et al., 2012; Ou et al., 2014; Fazeli et al., 2016). Here, we used these stereotyped models to gain insight into the roles of PtdEth and PtdSer during phagocytosis. We find that disruption of TAT-1 increases phagocytosis of cell debris. In contrast, depletion of TAT-5 or its activator PAD-1 disrupted the phagocytosis of a cell corpse and cell debris, raising the possibility that PtdSer exposure and PtdEth exposure have opposing effects on phagocytosis.



RESULTS


Loss of the PtdSer Flippase TAT-1 Leads to Increased Phagocytosis

To investigate the role of PtdSer and PtdEth during phagocytosis, we used fluorescently-tagged non-muscle myosin NMY-2 reporters to label actomyosin in the cytokinetic ring and the resulting midbody remnants released during C. elegans embryonic divisions (Figure 1A; Shelton et al., 1999). We discovered that the P0 midbody remnant (derived from the first division of the zygote P0 into the anterior blastomere AB and the posterior blastomere P1) was internalized in two or more pieces in most tat-1 mutants (65%, Figures 1B,D,E and Supplementary Video 1). Multiple internalization events for the P0 midbody remnant were infrequently observed in control embryos (12%, Figure 1E). To confirm that the NMY-2 reporters were labeling midbody remnants that were internalized in pieces, we also examined a reporter for the centralspindlin protein ZEN-4, which localizes to the spindle midbody and is released in midbody remnants (Green et al., 2013). A ZEN-4 reporter also showed that P0 midbody remnants were internalized in pieces more often in tat-1 mutants than in controls (84% in tat-1 vs. 40% in control, Supplementary Figures S1A,B, and Supplementary Video 2). Thus, tat-1 mutant cells showed an increase in internalization events in addition to increased PtdSer exposure on their surface.
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FIGURE 1. Disruption of the PtdSer flippase TAT-1 increases phagocytosis, while depletion of the PtdEth flippase TAT-5 blocks phagocytosis. (A) Before internalization, LifeAct::RFP (red) is enriched on one side of the P0 midbody remnant (arrow) labeled with NMY-2::GFP (green) in a 4-cell control embryo. (B) LifeAct::RFP accumulates on both sides in tat-1(kr15) mutants during two simultaneous phagocytosis events of the P0 midbody remnant. See also Supplementary Video 1. (C) LifeAct::RFP does not accumulate around the P0 midbody remnant in a tat-5-deficient embryo and the midbody remnant is not internalized. Lower panels show the P0 midbody remnant before actin accumulation (left), actin polymerization during formation of phagocytic cups (middle), and resolving actin filaments after midbody internalization (right). Similar stages are shown for tat-5-deficient embryo, where midbody remnants are not internalized. Scale bar in the main image and insets are 10 μm and 5 μm, respectively. Insets show minutes after 4-cell stage. See also Supplementary Video 4. (D) Diagram of modes of internalization observed. (E–G) Quantification of midbody remnant internalization in control, tat-1(kr15) mutants and tat-5 RNAi-treated embryos. P0 (E), AB (F), and P1 (G) midbody remnants were labeled with NMY-2::GFP or NMY-2::GFP::ZF1. Failed internalization was scored after the 8-cell (E) or 15-cell stages (F–G). (H) Quantification of internalization of the corpse of the second polar body in control, tat-1 mutants, and tat-5 RNAi-treated embryos. Control and tat-1 polar bodies were labeled with mCh::H2B, tat-5 RNAi with GFP::H2B. Failed internalization was scored after the 6-cell stage. ***p < 0.001 according to Fisher exact probability test. (I) Tomographic slice showing tubulation of the P0 midbody remnant 12.75 min after P0 furrow ingression, short before internalization. Scale bar is 400 nm. See also Supplementary Video 3 showing a three-dimensional model from 3 serial tomograms. (J) Tomographic slice of a coated pit (arrow) endocytosing a P0 midbody tubule. Scale bar is 200 nm. Adapted from a tomogram originally published in the Journal of Cell Biology (König et al., 2017).


As actin polymerization drives extension of the phagocytic cup around midbody remnants in mammalian cells and C. elegans (Crowell et al., 2014; Fazeli et al., 2016), we tested whether the increase in internalization was due to an increase in phagocytosis using a LifeAct reporter to label polymerized actin filaments (Riedl et al., 2008). In control embryos, actin was normally enriched on the ventral side of the P0 midbody remnant before internalization (Figure 1A, n = 7), as the ventral endomesodermal precursor cell EMS preferentially internalizes the midbody remnant (Green et al., 2013; Ou et al., 2014; Singh and Pohl, 2014; Fazeli et al., 2016). In cases where an anterior AB descendant internalized the P0 midbody remnant, actin was enriched on the anterior side of the P0 midbody remnant before internalization (Supplementary Figure S2A, n = 5). In tat-1 mutant embryos, actin accumulated on both the ventral and anterior sides of the membrane when two different cells internalized fragments of the P0 midbody remnant (Figure 1B and Supplementary Video 1, n = 6). These data reveal the induction of multiple distinct phagocytic events when TAT-1 is disrupted and PtdSer is externalized.

We next wondered whether PtdSer-based signaling was responsible for the stereotyped phagocyte bias for the P0 midbody remnant (Green et al., 2013; Ou et al., 2014; Singh and Pohl, 2014; Fazeli et al., 2016). In control embryos expressing an NMY-2 or ZEN-4 reporter, the P0 midbody remnant is primarily internalized by the posterior cell P1 or its ventral daughter cell EMS (Supplementary Figures S2C,D). Similarly, the majority of P1 or EMS cells internalized fragments of the P0 midbody remnant in tat-1 mutants (Supplementary Figure S2D), suggesting that the bias for P1 or EMS persists. While only a quarter of anterior AB cells internalize P0 midbody fragments in control embryos, the increase in piecemeal phagocytosis in tat-1 mutants led to over half of the AB cells acting as phagocytes (Supplementary Figure S2E). Thus, AB cells showed a significant increase in phagocytic activity in tat-1 mutants.

To test whether the increased phagocytic activity of anterior AB cells was due to increased PtdSer on the surface of tat-1 mutant cells, we depleted a PtdSer synthase PSSY-1 to reduce global PtdSer levels. This approach was used to suppress intestinal vacuolar defects in tat-1 mutant worms (Nilsson et al., 2011). Consistently, treating tat-1 mutants expressing an NMY-2 reporter with pssy-1 RNAi resulted in significant suppression of phagocytosis of the P0 midbody remnant by AB cells (Supplementary Figure S2E). These observations suggest that the externalization of PtdSer on all cells weakens phagocyte bias, which may be due to biased activation of PtdSer-based phagocytic pathways.

We next tested whether this increase in phagocytosis was unique to the P0 midbody remnant or whether it also occurred to two later midbody remnants labeled with NMY-2 reporters. AB midbody remnants are derived from the second embryonic division of the anterior blastomere AB. In contrast to the P0 midbody remnant, multiple engulfment events were not observed for AB midbody remnants in control embryos (Figure 1F). In tat-1 mutants, we only infrequently observed internalization of AB midbody remnants in multiple pieces (7%, Figure 1F), despite the strong phagocyte bias for AB midbody remnant uptake by EMS (Ou et al., 2014; Singh and Pohl, 2014; Fazeli et al., 2016). The P1 midbody remnant (derived from the third embryonic division of the posterior blastomere P1) did not show an increase in internalization events in control embryos or in tat-1 mutants (Figure 1G). Thus, the increase in phagocytic events was observed more frequently for the P0 midbody remnant than for other midbody remnants, suggesting differences in their structure or signaling capabilities.

We next tested whether the observed increase in phagocytosis in tat-1 mutants would apply to a cell corpse internalized shortly before the P0 midbody remnant (Fazeli et al., 2018). Using a fluorescently-tagged histone (H2B) to label chromosomes, the corpse of the second polar body was internalized in a single engulfment event in both control and tat-1 mutant embryos (Figure 1H). Similarly, using a fluorescently-tagged PH domain from PLC1γ1 to label PI4,5P2 in the plasma membranes (Fazeli et al., 2018), the second polar body was internalized in a single engulfment event in both control and tat-1 mutant embryos (Supplementary Figure S1C). Thus, the second polar body was still internalized by only one cell in tat-1 mutants, suggesting that externalizing PtdSer did not increase engulfment of a dying cell located between two cells of equal phagocytic capacity (Fazeli et al., 2018).

In order to understand how P0 midbody remnants could be engulfed in multiple pieces, we examined their ultrastructure in control embryos. After abscission, the intercellular bridge extends tubules and the P0 midbody remnant becomes a convoluted structure at engulfment stages (Figure 1I and Supplementary Video 3; König et al., 2017). Furthermore, electron densities consistent with endocytic coats are visible engulfing midbody remnant tubules (Figure 1J; König et al., 2017), suggesting that endocytosis of small pieces of the P0 midbody remnant occurs in control cells. Thus, piecemeal uptake of the P0 midbody remnant is common. Taken together, we propose that PtdSer externalization in tat-1 mutants drives independent phagocytic events to engulf large parts of the P0 midbody remnant.



Loss of the PtdEth Flippase TAT-5 Disrupts Phagocytosis

As PtdEth is also exposed on the surface of cell corpses (Emoto et al., 1996), we asked whether PtdEth exposure would similarly increase phagocytosis. In contrast to tat-1 mutants, we observed that midbody remnants labeled with NMY-2 reporters failed to be internalized in tat-5-depleted embryos at the expected stages (Figures 1C–G and Supplementary Video 4), similar to phagocytic mutants (Fazeli et al., 2016). The only exception, a single AB midbody remnant, was internalized 25 min later than normal (Figure 1F). This suggests that TAT-5 and/or PtdEth asymmetry are required for the internalization of midbody remnants.

To confirm whether TAT-5 is important to induce formation of a phagocytic cup, we asked whether actin polymerization is induced next to the midbody remnant after tat-5 knockdown. We had previously observed that LifeAct was not enriched next to the midbody remnant in embryos deficient for the phagocytic signaling protein CED-2/CRK or in mutants for BEC-1/Beclin1, a protein involved in trafficking the engulfment receptor CED-1/Draper/MEGF10 (Fazeli et al., 2016). Consistently, LifeAct enrichment did not occur around the P0 midbody remnant in tat-5 RNAi-treated embryos (Figure 1C, Supplementary Figure S2B, and Supplementary Video 4, n = 8). Thus, TAT-5 and/or PtdEth asymmetry are required for midbody internalization prior to extension of the phagocytic cup.

As loss of PtdSer asymmetry had different effects on the phagocytosis of midbody remnants and cell corpses, we next investigated the effect of PtdEth exposure on cell corpse phagocytosis. The second polar body was labeled with both a PH domain reporter labeling PI4,5P2-containing membranes and an H2B reporter labeling chromosomes to avoid confusion with accumulating extracellular vesicles after tat-5 knockdown (Wehman et al., 2011). In contrast to control embryos, where the corpse of the second polar body was phagocytosed at the two- or four-cell stage [n = 10, (Fazeli et al., 2018)], the second polar body was not phagocytosed by the 24-cell stage in tat-5 RNAi-treated embryos (Figure 1H, n = 10). This suggests that TAT-5 and/or PtdEth asymmetry are required for the phagocytosis of cell corpses as well as midbody remnants.

Delays in phagocytosis can be caused by delayed or incomplete abscission, for example as a result of disrupting ESCRT proteins (Green et al., 2013; Fazeli et al., 2016). As depleting TAT-5 was previously shown to alter ESCRT localization and occasionally cause multinuclear cells due to cleavage defects (Wehman et al., 2011), we asked whether delayed abscission contributed to the lack of phagocytosis in tat-5-depleted embryos. To determine the timing of abscission, we used a degron protection assay to test whether the ZIF-1 ubiquitin ligase could access a ZF1 degron-tagged NMY-2 reporter in the intercellular bridge (Fazeli et al., 2016; Beer et al., 2019). We measured the fluorescence intensity of NMY-2::GFP::ZF1 in the bridge between the anterior daughter cells that form the AB midbody remnant. A steady drop in the fluorescence intensity of the AB midbody starting before the six-cell stage would indicate accessibility and a delay in abscission, similar to depletion of the ESCRT tsg-101 (Figures 2C,D), whereas stable fluorescence would indicate protection after complete abscission to release the midbody remnant between the resulting daughter cells (Figures 2A,D; Fazeli et al., 2016; Beer et al., 2019). Eight out of nine embryos treated with tat-5 RNAi maintained NMY-2::GFP::ZF1 fluorescence in the AB midbody remnant (Figure 2B), consistent with abscission defects being rare. Furthermore, the average intensity profile did not drop (Figure 2D, n = 9), indicating normal abscission timing. Together, these data reveal that TAT-5 is important for phagocytosis of midbody remnants and cell corpses after abscission but before the formation of the phagocytic cup.
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FIGURE 2. tat-5-deficient embryos do not slow abscission or CED-1 trafficking. (A) NMY-2::GFP::ZF1 fluorescence (green) labels midbody rings and remnants and is maintained at the AB midbody remnant (arrow) in control 8-cell embryos. mCh::PH labels the plasma membranes (red). (B) After tat-5 RNAi, NMY-2::GFP::ZF1 fluorescence persists on midbody remnants, indicating normal abscission of AB cells and release of the AB midbody remnant. Neighboring extracellular vesicles are labeled with mCh::PH in addition to the plasma membrane. (C) NMY-2::GFP::ZF1 fluorescence is reduced in the AB midbody when abscission is delayed by tsg-101 RNAi. (D) Quantification of NMY-2::GFP::ZF1 on AB midbodies and remnants starting at the onset of ZIF-1-mediated degradation, 5 min before the 6-cell stage. Fluorescence is maintained on tat-5 RNAi-treated AB midbodies and remnants (n = 9). The control and tsg-101 populations were published previously and are adapted with permission from the Journal of Cell Science (Fazeli et al., 2016). (E–F) CED-1 antibody staining localizes to the plasma membrane (arrow) in control and tat-5 RNAi-treated 2-cell embryos.


We next asked whether TAT-5 was likely to regulate phagocytosis through a role in receptor trafficking, as TAT-5 orthologs Neo1p and ATP9A are implicated in endocytic recycling (Hua and Graham, 2003; Tanaka et al., 2016). Furthermore, the TAT-5 activator PAD-1 redundantly recycles sorting nexin cargos (Beer et al., 2018), which include the engulfment receptor CED-1 that signals to induce actin polymerization for phagocytosis (Chen et al., 2010). CED-1 localized to the plasma membrane in untreated control embryos (Figure 2E), and still localized to the plasma membrane after treatment with tat-5 RNAi (Figure 2F, n = 14 two- to four-cell embryos), suggesting that the role of TAT-5 in phagocytosis is unlikely to be recycling CED-1 to the plasma membrane. However, we noticed at later stages that CED-1 accumulated in extracellular vesicles between cells (Supplementary Figure S3A, 87%, n = 23 six- to 24-cell embryos). The release of CED-1 in extracellular vesicle membranes could lead to reductions in CED-1 levels in the plasma membrane, which could contribute to phagocytic defects. This raised the possibility that TAT-5 inactivation and/or PtdEth externalization could influence phagocytic signaling indirectly by increasing extracellular vesicle release.



Loss of TAT-5 Activator PAD-1 Also Blocks Phagocytosis

As the TAT-5 activator PAD-1 is also required for maintenance of PtdEth asymmetry and inhibition of extracellular vesicle release (Beer et al., 2018), we next asked whether PAD-1 is also required for phagocytosis of cell corpses and cell debris. Control embryos engulfed the P0 midbody remnant within 15 min of P0 abscission (König et al., 2017), while embryos treated with tat-5 or pad-1 RNAi failed to engulf P0 midbody remnants labeled with NMY-2 within 30 min of P0 abscission (Figure 3A). Likewise, the AB or P1 midbody remnants were not engulfed in tat-5 or pad-1 RNAi-treated embryos at timepoints where all control embryos had engulfed these remnants (Figures 3B,C). Furthermore, polar body corpses labeled with the PH and H2B reporters, which are normally engulfed at the 2- or 4-cell stage (Fazeli et al., 2018), were rarely engulfed by the 7-cell stage after pad-1 or tat-5 RNAi treatment (Figure 3D). Together, the tat-5 and pad-1 data support that exposure of PtdEth directly or indirectly disrupts phagocytosis.
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FIGURE 3. Mutants with exposed PtdEth do not internalize midbody remnants or the second polar body. (A) P0 midbody remnants labeled with NMY-2::mCh in untreated control embryos were internalized 5 ± 5 min (mean ± SD) after the 4-cell stage. No P0 midbody remnant labeled with NMY-2::GFP::ZF1 was internalized in embryos treated with tat-5 or pad-1 RNAi. Untreated GFP::PAD-1 embryos either did not internalize the P0 midbody remnant labeled with NMY-2::mCh within 30 min past the 4-cell stage or did it significantly later than controls (p < 0.001). Each data point represents an embryo. (B) AB midbody remnants labeled with NMY-2::mCh in untreated control embryos were internalized 13 ± 4 min (mean ± SD) after the 4-cell stage. No AB midbody remnant labeled with NMY-2::GFP::ZF1 was internalized in embryos treated with tat-5 or pad-1 RNAi. Untreated GFP::PAD-1 embryos either did not internalize the AB midbody remnant labeled with NMY-2::mCh within 30 min past the 4-cell stage or did it significantly later than controls (p < 0.001). (C) P1 midbody remnants labeled with NMY-2::mCh in untreated control embryos were internalized 13 ± 3 min (mean ± SD) after the 4-cell stage. No P1 midbody remnant labeled with NMY-2::GFP::ZF1 was internalized in embryos treated with tat-5 or pad-1 RNAi. Untreated GFP::PAD-1 embryos internalized the P1 midbody remnant labeled with NMY-2::mCh significantly later than controls (p < 0.001). (D) In empty vector controls, the second polar body labeled with mCh::PH::ZF1 is internalized 3 ± 3 min after the 4-cell stage. After tat-5 or pad-1 RNAi treatment, embryos failed to internalize second polar bodies within 20 min past the 4-cell stage. mCh::PH and GFP::H2B was used to avoid confusion with extracellular vesicles. The open circle depicts the last frame of a time lapse series that ended before the 20-min cut-off, but where the second polar body was not internalized. GFP::PAD-1 embryos internalized polar bodies labeled with mCh::PH::ZF1 4 ± 4 min after the 4-cell stage, not significantly different from control (p > 0.2). (E) GFP::PAD-1 (green) colocalizes with ESCRT-III subunit VPS-32 (red) at the P0 midbody remnant in a 3-cell embryo. Scale bar is 10 μm in the main figure and 3 μm in the inset.




Extracellular Vesicle Accumulation Correlates With Phagocytosis Defects

To test whether phagocytic defects were due to increased EV release, we tried to find a strain with a partial loss in PAD-1 function. We had previously knocked GFP into the N-terminus of PAD-1 without a linker sequence (Beer et al., 2018). In contrast to strong pad-1 loss of function, which results in embryonic lethality and sterility (Guipponi et al., 2000; Beer et al., 2018), the GFP knock-in worms were viable and fertile. However, when we examined midbody remnants using an NMY-2 reporter, we found that the engulfment of P0 midbody remnants in GFP::PAD-1 embryos was blocked or significantly delayed (Figure 3A, n = 11), similar to pad-1-deficient embryos. Phagocytosis of AB midbody remnants was also blocked or significantly delayed in GFP::PAD-1 embryos (Figure 3B), while phagocytosis of P1 midbody remnants sometimes occurred with normal timing, but was mostly significantly delayed (Figure 3C). Despite these phagocytic defects, CED-1 still localized to the plasma membrane in GFP::PAD-1 embryos (Supplementary Figures S3B,C), suggesting that defects in engulfment receptor trafficking were not the cause of the defects in midbody phagocytosis. Interestingly, we noticed that GFP::PAD-1 colocalized with midbody remnants (Figure 3E, n = 8), which were labeled with the ESCRT subunit VPS-32 (Morita et al., 2007). These data suggest that the N-terminus of PAD-1 could be important for phagocytosis of midbody remnants.

We next asked whether phagocytosis of the second polar body corpse was similarly disrupted by this GFP insertion. We tracked the second polar body with a PH reporter labeling the plasma membrane and found that phagocytosis of the second polar body occurred normally in GFP::PAD-1 embryos (Figure 3D, n = 25). Thus, the GFP::PAD-1 knock-in does not disrupt phagocytosis of polar body corpses and appears to be a partial loss-of-function allele, raising the question of whether EV release is increased in this allele.

As increased EV release disrupts gastrulation and results in lethality (Wehman et al., 2011), we expected that the GFP::PAD-1 knock-in would not cause a significant increase in EV release from the plasma membrane. We used a plasma membrane-targeted degron reporter to specifically label released EVs (Beer et al., 2018, 2019). In control embryos, labeling with the PH::ZF1 reporter is rarely seen between cells or in the eggshell (Supplementary Figure S3D and Figures 4A,D, n = 43), in contrast to pad-1 knockdown Supplementary Figure S3E and Figures 4B,D, n = 29, (Beer et al., 2018)]. In the GFP::PAD-1 strain, the PH::ZF1 reporter did not accumulate between cells (Supplementary Figure S3F, n = 33), suggesting that EV release was not increased as strongly as after pad-1 knockdown. However, an increased number of PH::ZF1 puncta were detected in the eggshell in the GFP::PAD-1 strain (Figures 4C,D), and TEM analysis revealed EVs accumulating between cells (Figure 4E), suggesting that EV release was significantly increased. These quantitative data correlate a >20-fold increase in EVs with disruption of midbody remnant phagocytosis, while a >50-fold increase in EVs correlates with disruption of polar body phagocytosis.
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FIGURE 4. Tagging the N-terminus of PAD-1 causes mild extracellular vesicle accumulation. (A–C) Images of 2-cell embryos expressing mCh::PH::ZF1 in control (A), pad-1 RNAi-treated (B), and GFP::PAD-1 (C) embryos. Insets show the magnified eggshell. Asterisks label EVs neighboring the embryo. Scale bar in the main image and insets are 10 μm and 5 μm, respectively. (D) The number of EVs in the eggshell pad-1 RNAi-treated and GFP::PAD-1 embryos was significantly increased in comparison to control embryo (***p < 0.001). Each data point represents the number of EVs in one embryo. (E) TEM of the cell-cell contact from a 2-cell GFP::PAD-1 embryo reveals EVs (arrow) between cells. Scale bar is 500 nm. (F) PtdSer is normally externalized on phagocytic cargos as well as phagocytic cells. (G) In tat-1 mutants, PtdSer is externalized on all cells, leading to an increase in phagocytosis. (H) In tat-5 mutants, PtdEth is externalized on all cells, leading to an increase in extracellular vesicle release and a disruption in phagocytosis.




DISCUSSION

The exposure of aminophospholipids on the exofacial leaflet of the membrane is pivotal for diverse physiological functions, including phagocytosis. Although both PtdSer and PtdEth are exposed on phagocytic cargoes under physiological conditions, such as on cell corpses (van Meer et al., 2008; Nagata et al., 2020), our data reveal that exposure of these phospholipids leads to opposite effects. We discovered that uncontrolled exposure of PtdSer in tat-1 mutants led cells to increase their phagocytic activity and resulted in a higher number of phagocytic events (Figures 4F,G). In contrast, exposure of PtdEth through the downregulation of TAT-5 or its activator PAD-1 blocked phagocytosis (Figure 4H). As PtdSer exposure can lead to fates other than phagocytosis (Nagata et al., 2020), co-exposure of PtdEth could serve as a “don’t eat me” signal. Thus, the exposure of both aminophospholipids may balance phagocytic signaling to prevent uncontrolled engulfment.

One key open question is whether increased PtdSer exposure on the cargo or engulfing cell is responsible for the increase in phagocytic events observed in tat-1 mutants (Figure 4G). That actin polymerization usually occurs in the cell that later engulfs the midbody remnant indicates that under normal conditions the engulfment receptors of only one neighboring cell are triggered. During cell corpse engulfment, PtdSer is thought to be directly recognized by the engulfment receptor PSR-1 or a secreted adaptor protein TTR-52 that binds to the engulfment receptor CED-1 (Conradt et al., 2016). Thus, increased exposure of PtdSer on cell corpses and cell debris may boost receptor activation on neighboring cells, leading to more phagocytic events. Indeed, PtdSer externalization appears stronger in tat-1 mutants than on dying gonads (KBB, unpublished observations). However, PtdSer exposure has also been observed on the surface of engulfing cells (Mapes et al., 2012). Thus, PtdSer exposure on the surface of all neighboring cells in tat-1 mutants could allow the activation of phagocytic pathways on more cells, resulting in multiple cells engulfing midbody remnants. However, we did not see a complete loss of phagocytic bias in tat-1 mutants, suggesting that there are other factors in addition to PtdSer-based signaling that determine which cell engulfs cell debris. Furthermore, why PtdSer exposure on the surface of neighboring cells would not increase engulfment attempts on polar body corpses or later midbody remnants is unclear. One possibility is that highly tubulated midbody remnants are more readily severed than spherical corpses, but the relative ultrastructure of different midbody remnants is not known.

In contrast to PtdSer, much less is known about the role of PtdEth externalization. At late stages of cell division, PtdEth is transiently exposed on intercellular bridges and the internalization of PtdEth is thought to be required for abscission to separate cells and release midbody remnants (Emoto et al., 1996), consistent with the observation of occasional cytokinesis defects in tat-5 mutants (Wehman et al., 2011). It was therefore surprising that abscission was rarely slowed during AB cell division in tat-5 mutants, especially given the localization of GFP::PAD-1 to midbody remnants. However, our data suggest that TAT-5 and PAD-1 also play important roles after abscission, as they are also required for engulfment of midbody remnants and cell corpses. Thus, it remains to be determined whether PtdEth needs to be internalized to allow phagocytic signaling.

An alternate explanation for the phagocytic defects observed when disrupting TAT-5 and PAD-1 hinges on the accumulation of extracellular vesicles between cells. PtdEth externalization correlates with an increase in extracellular vesicle budding from the plasma membrane (Wehman et al., 2011; Beer et al., 2018), as well as with the phagocytic defects demonstrated here, raising the question how these phenotypes are related. We think it is unlikely that phagocytic defects cause the observed accumulation of EVs, given that the EVs in tat-5 and pad-1 mutants are smaller than typical phagocytic cargo, averaging 150–200 nm in diameter. Furthermore, disrupting phagocytic signaling pathways did not result in observable EV accumulation (Fazeli et al., 2016, 2018). Instead, we favor the hypothesis that EV accumulation disrupts phagocytosis. EVs could deplete engulfment receptors like CED-1 from the plasma membrane or physically mask or outcompete phagocytic cargos (Figure 4H). As the mammalian ortholog of TAT-5, ATP9A, also inhibits EV release (Naik et al., 2019), we predict that disrupting TAT-5 and PAD-1 orthologs is likely to disrupt phagocytosis in other species.

P4-ATPases are also involved in membrane trafficking (Andersen et al., 2016) which could explain their role in phagocytosis. We showed that TAT-5 is not required for the localization of at least one engulfment receptor to the plasma membrane, CED-1. However, the partial loss of function of PAD-1 we observed after inserting GFP directly into its N-terminus, suggests a possible role for membrane trafficking. The N-terminus of the mammalian PAD-1 homolog, Dopey1, binds to the kinesin-1 family of motor proteins and is involved in vesicle transport along microtubules (Mahajan et al., 2019). Thus, as PAD-1 has also been shown to regulate endosomal trafficking (Beer et al., 2018), GFP could spatially interfere with a trafficking function of the N-terminal domain of PAD-1. However, why this differentially disrupted the phagocytosis of different cell debris requires further investigation.

In conclusion, our time-lapse studies on four phagocytic cargos revealed new insights into the opposing effects of PtdSer and PtdEth externalization. As four distinct cargos are phagocytosed within a 30-min period during early development, C. elegans embryos present a simple genetic model system to tease apart why different cargos rely on distinct signaling pathways. For example, we discovered that PtdSer externalization increased phagocytosis of P0 midbody remnants but did not significantly alter the phagocytosis of other midbody remnants or a cell corpse. Furthermore, this system allows us to ask why different cells have dissimilar phagocytic capacity, as strong biases exist in which cell engulfs each phagocytic cargo (Green et al., 2013; Ou et al., 2014; Singh and Pohl, 2014; Fazeli et al., 2016, 2018). We revealed that PtdSer externalization promoted phagocytosis by anterior cells, but only for a single cargo. These findings emphasize the importance of studying individual phagocytic events to discover mechanisms that would be obscured in bulk or steady-state assays.



MATERIALS AND METHODS


Worm Strains and Maintenance

Caenorhabditis elegans strains were maintained on OP50 bacteria according to standard protocol (Brenner, 1974). For a list of strains used in this study and crosses performed to generate strains, see Supplementary Table S1.



RNAi Experiments

RNAi was performed by feeding dsRNA-expressing bacteria from the L1 larval stage through adulthood with tat-5 (JA_F36H2.1) or pad-1 (MV_Y18D10A.15) at 25°C (60–70 h) according to established protocols (Fraser et al., 2000). For the experiments in Figure 3D, worms were fed starting at the L3/L4 stage for 18–24 h. Feeding of tat-1 mutants with pssy-1 RNAi (MV_ZC506.3) was performed for 60–93 h from the L1 stage as the treatment resulted in developmental delays and sterility, raising the possibility that the embryos analyzed for Supplementary Figures S2D,E may represent partial knockdown. The tsg-101 dsRNA was transcribed using T7 RNA Polymerase (Thermo Fisher Scientific) from T7 PCRs of the tsg-101 RNAi plasmid (MV_C09G12.9), as in Fazeli et al. (2016). 1or 2 mg/ml tsg-101 dsRNA was injected into the gonad of young adult worms 20–26 h before analysis. Efficiency of tsg-101 RNAi was judged by a mild delay in internalization timing of the AB midbody remnant. RNAi constructs were obtained from available libraries (Source BioScience).



Time-Lapse Imaging

Embryos were dissected from gravid adults and mounted in M9 buffer on an agarose pad on a slide. Z-stacks were acquired sequentially for green and red fluorescent markers every 20 or 60 s at room temperature using a Leica DM5500 wide-field fluorescence microscope with a HC PL APO 40 × 1.3 NA oil objective lens supplemented with a Leica DFC365 FX CCD camera controlled by LAS AF software. Time-lapse series were analyzed using Imaris (Bitplane). The four- and six-cell stages are defined as the beginning of P1 or both ABx furrow ingression, respectively. Internalization is defined as the first frame where the midbody remnant or second polar body moves away from the plasma membrane, which is likely to closely reflect closure of the phagocytic cup because it correlates with bright actin accumulation. For analysis of second polar body internalization, time lapse series were excluded if another H2B positive object was too close to the second polar body or if the polar body was in two pieces before internalization (n = 2 in control and n = 3 in tat-1 mutants).



Antibody Staining

Gravid worms were dissected in water on a coverslip to release embryos and transferred to 0.1% poly-lysine-coated slides and frozen on dry ice. Eggshells were cracked by flicking off the coverslip and embryos were fixed in methanol before staining with mouse α-CED-1 antibody [1:500, gift of Chonglin Yang (Chen et al., 2010)] or rabbit α-VPS-32 antibody [1:1000, gift of Renaud Legouis (Michelet et al., 2009)], and chicken α-GFP (1:500, 0511FP12 Aves, RRID: AB_2307313). Embryos were then stained with fluorescent secondary antibodies from Jackson ImmunoResearch: Alexa488 donkey α-mouse (Lot: 108424, RRID: AB_2341099), or Cy3 donkey α-rabbit (Lot: 109623, RRID: AB_2307443), and Alexa488 donkey α-chicken (Lot: 108862, RRID: AB_2340375). Slides were counterstained with DAPI to label DNA and mounted using DABCO.



Image Processing

For clarity, images were rotated and the intensity was adjusted using Adobe Photoshop. Only one Z-plane is shown except for Figure 3E, where 5 Zs spanning a region of 1 μm were projected, and Supplementary Figure S2A where 2 Zs were projected (Z interval of 1.2 μm). For time lapse videos, data were rotated, projected, colorized, and the intensity adjusted using Imaris.



Fluorescence Intensity Measurement

Mean fluorescence intensity was measured using ImageJ (NIH) in a circle with area of 0.5 μm2 for NMY-2::GFP::ZF1 or 2 μm2 for LifeAct::RFP, as described previously (Fazeli et al., 2016). Midbody fluorescence was measured from contractile ring closure until the end of the movie or until the midbody was not distinguishable from the cytoplasm. Fluorescence intensity of the first polar body was measured as an internal control. An exponential decay curve was fit to the polar body data using OriginPro (OriginLab) and used to correct for fluorescence loss due to photobleaching. Embryos were excluded if the P0 and AB midbody remnants were too close to each other (n = 1). NMY-2 data are reported as the ratio of the fluorescence intensity of the midbody to the expected value of the polar body after cytoplasmic background subtraction. For LifeAct measurements, normalization was performed using the fluorescence intensity of the cytoplasm.



EV Counts

Untreated or pad-1 RNAi-treated WEH260 (mCh::PH::ZF1) or WEH381 (GFP::PAD-1; mCh::PH::ZF1) embryos were imaged on a Leica DM5500. Embryos were analyzed for EVs in Fiji (Schindelin et al., 2012) by counting fluorescent puncta in the eggshell. EVs too close to cells visualized with mCh::PH::ZF1 or DIC were excluded. Thick patches of EVs that occur after pad-1 RNAi (Beer et al., 2018) were also excluded, likely underestimating the number of EVs.



Electron Microscopy

WEH381 worms were high pressure frozen and freeze substituted, as described previously (Wehman et al., 2011). 75 nm sections were imaged on a 200 kV JEM-2100 transmission electron microscope (JEOL) equipped with a TemCam F416 4k × 4k camera (Tietz Video and Imaging Processing Systems) running Serial EM software. Tilt series from semi-thick (300–350 nm) serial sections of staged TH155 embryos were collected on a 300 kV Tecnai F30 (Thermo Fisher Scientific, Hillsboro, OR, United States) equipped with a 2 × 2–K charge-coupled device camera (US1000; Gatan) and tomograms were calculated as described (König et al., 2017).



Segmentation

Serial tomograms (König et al., 2017) were stitched together using eTomo and analyzed and segmented using 3dmod (IMOD; Mastronarde and Held, 2017).



Statistical Evaluation

Student’s one-tailed t-test or Fisher’s one-tailed exact test were used to test statistical significance. In case of multiple comparisons, the Bonferroni correction was used to adjust the statistical significance. Mean ± standard error of the mean is depicted in graphs.
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Membrane contact sites between the cortical endoplasmic reticulum (ER) and the plasma membrane (PM) provide a direct conduit for small molecule transfer and signaling between the two largest membranes of the cell. Contact is established through ER integral membrane proteins that physically tether the two membranes together, though the general mechanism is remarkably non-specific given the diversity of different tethering proteins. Primary tethers including VAMP-associated proteins (VAPs), Anoctamin/TMEM16/Ist2p homologs, and extended synaptotagmins (E-Syts), are largely conserved in most eukaryotes and are both necessary and sufficient for establishing ER-PM association. In addition, other species-specific ER-PM tether proteins impart unique functional attributes to both membranes at the cell cortex. This review distils recent functional and structural findings about conserved and species-specific tethers that form ER-PM contact sites, with an emphasis on their roles in the coordinate regulation of lipid metabolism, cellular structure, and responses to membrane stress.
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INTRODUCTION: ER-PM MEMBRANE CONTACT SITES (MCSs)

Membrane Contact Sites are regions of close apposition between two organelles that serve as interfaces for both direct exchanges of membrane constituents and coordinating regulatory interactions. MCSs are found in all eukaryotic cells and involve nearly all membrane compartments (Porter and Palade, 1957; Henkart et al., 1976; Manford et al., 2012; Toulmay and Prinz, 2012; Lackner et al., 2013; Hönscher and Ungermann, 2014; Henne et al., 2015; Lang et al., 2015; Saheki and De Camilli, 2017a; Quon et al., 2018; Prinz et al., 2020). A wide variety of tethering proteins bridge the gaps between membranes as exemplified by the contact sites between cortical ER and the PM (Figure 1).


[image: image]

FIGURE 1. Membrane tether proteins adhere cER membrane to the cytoplasmic face of the PM. (A) Representations of the four classes of yeast primary membrane tether proteins that establish ER-PM MCSs, including: a yeast homolog of E-Syts (Tcb1p); the yeast Anoctamin/TMEM16 homolog (Ist2p); the yeast-specific tether Ice2p; and a homolog of VAP (Scs2p). Structures shown are based on homologous proteins, and unstructured elements are represented as simple lines. The Tcb1p dimer representation is shown in the “tunnel model” configuration (Schauder et al., 2014), and structural elements are based on the mammalian E-Syt2 SMP-C2a-C2b domain (PBD ID: 4P42 and 2DMG); C2 domains are dark blue (Tcb1p has 4 C2 domains where E-Syt2 has 3 as shown) and SMP domains are light blue. The Ist2p dimer is based on the TMEM16 lipid scramblase structure PBD ID: 4WIT with the PM-binding C-terminal with the polybasic region indicated (+++). The structure for Ice2p has not been determined though based on its four predicted helical segments and the length of the third cytoplasmic loop, it could extend ∼10 nm from the ER membrane. The Scs2p dimer structure is represented by the VAP-A MSP homology domain (PBD ID: 1Z9L). Estimated model sizes are to scale with the ER and PM shown ∼20 nm apart. (B) Representative transmission electron microscopy (TEM) images of wild-type yeast and (C) Δ-s-tether cells showing cER (magenta) distribution along the PM and cytoplasmic ER (blue). Only small regions of ER-PM association persist in Δ-s-tether cells. N, nucleus; V, vacuole. Bar = 1 μm. (D) Representative wild-type and (E) Δ-s-tether cells modeled from 3-D constructions of sections imaged by focused-ion beam scanning electron microscopy (FIB-SEM); cER is shown in magenta, cytoplasmic ER in blue. V, vacuole; N, nucleus (yellow; in the Δ-s-tether cell the nucleus is partially hidden underneath the vacuole). (F) RFP-ER fluorescence marks normal nuclear (arrows), cytoplasmic, and cER (arrow heads). Bar = 5 μm. (G) 3-D representation of super-resolution micrograph image stacks showing Tcb3p-GFP cortical fluorescence at ER-PM MCSs.


The membrane morphology and association between cER and PM varies greatly among eukaryotic organisms and among different cell types. In yeast, a particularly large proportion of the cytoplasmic face of the PM (∼40%) is covered by closely associated ER membrane (Figure 1; Schuck et al., 2009; West et al., 2011; Quon et al., 2018). In the model plant Arabidopsis thaliana, the extent of coverage over the inner surface of the PM by cER is ∼5−10% depending on developmental stage (McFarlane et al., 2017). Lastly, in mammalian cells, the extent of cER coverage over the PM tends to be less and generally ranges from ∼0.25−8%, depending on cell type (Orci et al., 2009; Chen et al., 2019).

The distribution of cER along the PM can also vary in different polarized cell types. For instance, PM-associated cER is more abundant on basal membranes in HeLa cells though in Sertoli cells and polarized epithelia, ER-PM contacts occur at apical membranes (Orci et al., 2009; Son et al., 2016; Lyon et al., 2017). In neuron cell bodies the cER covers 12.5% of the PM inner surface, though only 0.5−1% of the PM contacts ER in axons (Wu et al., 2017; Chen et al., 2019).

In general, the cER associated with the PM in mammalian cells is mainly ribosome free, at least on the ER facing the cell surface, and the cER cisternae exhibits two thicknesses (Smith and Sjostrand, 1961; Orci et al., 2009; Wu et al., 2017). Most cER has a luminal width >25 nm, but “thin ER” can have almost no luminal space. Thin ER expands in cells that overexpress regulatory elements of intracellular Ca2+ storage, but Ca2+ depletion in generally induces cER association with the PM by several fold (Orci et al., 2009). Given inherent differences in cellular Ca2+ regulation and storage in Saccharomyces cerevisiae versus metazoans, the dependency of Ca2+ homeostasis on yeast ER-PM contact is less significant (Strayle et al., 1999; Cunningham, 2011). Although this review provides a concise description of Ca2+ storage and regulation at ER-PM MCSs, we direct readers to several recent reviews that provide comprehensive detail on store-operated Ca2+ entry (SOCE) at ER-PM contacts (Prakriya and Lewis, 2015; Derler et al., 2016; Lewis, 2020; Lopez et al., 2020). Here, we focus on the diversity of cER and PM components that establish ER-PM MCSs, as well as associated factors involved in membrane regulation, lipid biosynthesis and transport.

As a major biosynthetic site for lipids and secretory proteins, the ER represents the source of most membrane components. As the major membrane to which these components are targeted, the PM represents the target destination for most ER-derived membrane components. In yeast, the membrane fraction of ER that biochemically co-purifies with the PM is defined as the PM-associated membrane (PAM) (Pichler et al., 2001). PAMs can be biochemically defined as the membrane attached at ER-PM MCSs that is highly enriched in PS, PI, and ergosterol biosynthetic enzymes. The presence of these enzymes suggest that PAMs play an important role in lipid biosynthesis and trafficking between the ER and PM (Pichler et al., 2001). Independent of vesicular transport from the ER, ER-PM MCSs provide another potential “non-vesicular” conduit for lipid transfer critical for maintaining cortical surface area and cell size (Funato et al., 2019). In addition to non-vesicular transport, ER-PM MCSs represent a “sensing nexus” that balances ER metabolic production with the demands of PM expansion during cell growth (Quon et al., 2018). Tether proteins forming ER-PM contact sites mediate unique membrane structures in plants and confer the inheritance of cER into yeast daughter cells during mitosis (Estrada de Martin et al., 2005; Tavassoli et al., 2013; Pérez-Sancho et al., 2016). Lastly, ER-PM contact sites also play important cellular roles in responses to membrane stress (Stefan, 2020). Given the diversity of cell functions affected, it is also not a surprise that ER-PM MCSs defects are implicated in the disease pathology (Nishimura et al., 2004; Fowler et al., 2019).



CONSERVED ER-PM MCSs TETHER PROTEINS ARE STRUCTURALLY DIVERSE

The establishment, intermembrane separation, and dynamics of ER-PM MCSs relies on a wide variety of ER-anchored protein tethers that are present at the cER-PM interface. Among most if not all eukaryotes, three major conserved families of ER-PM tethers are represented by VAPs including yeast Scs2p and Scs22p, the E-Syts including plant SYTs and yeast Tricalbins, and members of the Anoctamin/TMEM16/Ist2p proteins (Figure 1A). These families of tethers embody distinct modes of tethering involving either direct links between the ER and PM or multi-subunit complex bridges that connect closely apposed membranes.


E-Syts Are Both Tethers and Lipid Transfer Proteins

The E-Syts represent tethers that intrinsically span the gap between membranes, potentially forming an intermembrane lipophilic channel (Schauder et al., 2014). The mammalian E-Syts, plant SYT proteins, and the homologous yeast Tricalbins generally contain three regions: (i) an N-terminal hairpin (or, for Arabidopsis SYTs, a type I transmembrane domain (Yamazaki et al., 2010), which inserts into the cytoplasmic leaflet of the ER; (ii) single or multiple SMP (synaptotagmin-like mitochondrial lipid-binding protein) domains that share the physical attributes of TULIP domains containing deep hydrophobic channels capable of lipid binding; and (iii) a variable number of C-terminal C2 domains, which directly bind the opposing PM (Craxton, 2004; Groer et al., 2008; Kopec et al., 2010; Toulmay and Prinz, 2012; Giordano et al., 2013; Pérez-Sancho et al., 2016; Reinisch and De Camilli, 2016). C2 domain interactions with membranes are often potentiated by cytosolic Ca2+ and/or facilitated by the presence of phospholipids, such as PI(4,5)P2 (Rizo and Südhof, 1998; Chang et al., 2013; Giordano et al., 2013; Lee et al., 2019).

E-Syts are implicated in the possible Ca2+-dependent non-vesicular transfer of neutral glycophospholipids, such as DAG, between membranes and two different structural models have been proposed to explain this process (Saheki et al., 2016; Yu et al., 2016). The “tunnel model” proposes that E-Syts facilitate direct lipid transfer between membranes by forming a hydrophobic tunnel between membranes (Schauder et al., 2014). In this model, the E-Syt SMP domains dimerize to form a long singular channel that binds lipids. Although this model is supported by the observed perpendicular orientation of E-Syts at contact sites between the ER and PM, the length of the SMP dimer tunnel (∼9 nm) is less than the observed distances between the ER and PM (∼19–24 nm; Fernández-Busnadiego et al., 2015; Collado et al., 2019); seemingly too short to span between the ER and PM. However, a presumed obligatory intermembrane distance is a somewhat contrived concept, and only relevant if the lipid tunnel model does not faithfully represent the in vivo conformation of E-Syts (Saheki and De Camilli, 2017a; West et al., 2011; Schauder et al., 2014; Quon and Beh, 2015; Reinisch and De Camilli, 2016; Saheki and De Camilli, 2017a; Saheki and De Camilli, 2017b; Quon and Beh, 2015; Schauder et al., 2014; Reinisch and De Camilli, 2016). Alternatively, in the “shuttle model,” E-Syts act as membrane-anchored lipid transfer proteins that bind and move lipids between the two closely aligned ER and PM bilayers (Schauder et al., 2014; Bian et al., 2019). However, these two structural options might confer different functions and are not necessarily mutually exclusive (Collado et al., 2019).

In mammalian cells, E-Syt2 and E-Syt3 contain an SMP domain followed by three C2 domains whereas E-Syt1 contains five C2 domains (Giordano et al., 2013; Reinisch and De Camilli, 2016; Saheki and De Camilli, 2017b). Previous work has shown that E-Syt2 and E-Syt3 form ER-PM contacts independent of Ca2+ while E-Syt1 is recruited to the contact sites when Ca2+ levels rise (Giordano et al., 2013; Fernández-Busnadiego et al., 2015; Idevall-Hagren et al., 2015; Yu et al., 2016). Hence, ER-PM junctions are dynamically regulated by Ca2+ signaling. In fact, increased Ca2+ levels not only promote E-Syt1-mediated ER-PM association in mammalian cells, but also shortens the distance between the ER and the PM and activates SMP-dependent lipid transfer (Fernández-Busnadiego et al., 2015; Saheki et al., 2016; Bian et al., 2018). At the “resting state,” a small pool of E-Syt1 resides at ER-PM contact sites in the absence of Ca2+ and the distance between the ER and the PM at these sites is larger than E-Syt2 or E-Syt3 associated ER-PM contact sites (Fernández-Busnadiego et al., 2015; Pérez-Lara and Jahn, 2015). This difference in distance is likely due to different chain length of cytosolic segments of E-Syt1 and E-Syt2/3, given that they contain different numbers of C2 domain units. E-Syt1 C2E domain is highly similar to C2C E-Syt2/3 domain, which enables constitutive interaction to PM in the normal conditions (Fernández-Busnadiego et al., 2015). As Ca2+ levels increase, the E-Syt1 C2C domains interact with the PM to lessen the ER-PM gap (Fernández-Busnadiego et al., 2015).

The Ca2+ dependency of the yeast Tricalbin E-Syt homologs and plant SYTs is less clear. Recruitment of the Tricalbins and SYTs is Ca2+ independent, but Ca2+ does play a role both in increasing SYT phospholipid binding affinity (Schapire et al., 2008), and shortening Tcb3p-mediated ER-PM MCS distances (Hoffmann et al., 2019). At sites of Tcb3p-mediated cER-PM contact, high cytosolic Ca2+ shortened the distance between ER and PM by ∼2 nm (Hoffmann et al., 2019). This observation might indicate that the shortening of the SMP-C2 bridge at these sites resulted in more C2 proteins coating the PM than in wild-type cells. A denser protein coat across the PM was observed under these conditions. An intermediate density is also associated with E-Syt ER-PM contact sites (Fernández-Busnadiego et al., 2015).



VAP Homologs Are Scaffolds for Tether Complexes

The VAPs represent a different mechanism in membrane tethering. Given that they do not contain any domain capable of making contact in trans with an opposing membrane, VAPs necessarily form multi-subunit bridges. The domain architecture of eukaryotic VAPs, including yeast Scs2p/22p, consists of three major regions: (i) a MSP domain, which includes the binding site for proteins containing the FFAT (“two phenylalanines in an acidic tract”) motif (Loewen et al., 2003); (ii) a single C-Terminal ER transmembrane domain; (iii) an intermediate variable linker region, which is ∼27 nm in VAP-A and Scs2p (Loewen et al., 2003, 2007; Loewen and Levine, 2005; Murphy and Levine, 2016). Scs2p and Scs22p have both been shown to bind phosphoinositides, such as PI4P, through their N-terminal MSP domain which extends out toward to PM (Kagiwada and Hashimoto, 2007). Considering that the linker region length between the transmembrane domain and the MSP domain in Scs2p could conceivably span the two membranes, it is tempting to postulate that Scs2p directly associates the two membranes. However, Scs2p or Scs22p have not been demonstrated to directly interact with the PM. Furthermore, mutations in the MSP domain that disrupt FFAT motif binding inhibit Scs2p-dependent ER-PM membrane association, suggesting that FFAT protein-MSP domain interactions are required for contact (Manford et al., 2012).

In terms of promoting ER-PM MCSs, tether proteins are not functionally equivalent. In yeast, the elimination of Scs2p (the VAP-B homolog) and its paralog Scs22p (most homologous to VAP-A) results in a ∼50% reduction in ER-PM association within yeast cells, which is unmatched in its severity when compared to the removal of any other tether protein (Loewen et al., 2003, 2007; Manford et al., 2012). The many functional and physical interactions involving VAPs and Scs2p (and likely Scs22p also) suggest they act as scaffolding proteins to assemble additional subunits at MCSs to physically connect membranes (Murphy and Levine, 2016). Unlike Scs2p, however, the function of Scs22p is more ambiguous. Within Scs2p, a linker region of ∼20 nm separates the MSP and transmembrane domains, which contributes to the overall distance Scs2p can span between the ER and PM (Murphy and Levine, 2016). Within Scs22p, this linker region is all but absent (Loewen and Levine, 2005), though it is unclear if this segment is even relevant to a multi-subunit intermembrane bridge. It should be noted that Scs22p and Scs2p are not equivalent as tethers, though there appears to be a minor functional overlap (Craven and Petes, 2001; Loewen and Levine, 2005). Scs2p and Scs22p might share specific interactions with some lipid transfer proteins (Riekhof et al., 2014; Weber-Boyvat et al., 2015). However, if Scs2p and Scs22p have shared roles in membrane tethering, it is not manifested in any observed differences in cER-PM association when comparing scs2Δ and scs2Δ scs22Δ cells (Loewen et al., 2007; Manford et al., 2012). Although SCS22 is routinely deleted along with SCS2 to remove all yeast VAP activity, the specific in vivo functions of Scs22p deserve additional attention.

Arabidopsis VAP27 proteins represent plant homologs of both mammalian VAPs and yeast Scs2p (Sutter et al., 2006; Saravanan et al., 2009). The 10 identified VAP27 proteins in A. thaliana (VAP27-1 to VAP27-10) can be grouped into 3 clades (Wang et al., 2016). Members of two of the clades have a single TM domain that determines their localization to ER, whereas members of the third lack the TM domain, and are localized to the PM (Wang et al., 2016). The best studied of these plant proteins is VAP27-1, which consists of a C-terminal ER-spanning transmembrane domain, a coiled-coil domain, and the MSP domain (Wang et al., 2014, 2016). Although VAP27-1 can bind phosphoinositides in vitro, VAP27-1 likely forms an ER-PM bridge in a protein complex with NET3C, which belongs to the plant-specific NET proteins that link actin filaments to different endomembranes within the cell (Deeks et al., 2012; Wang et al., 2014, 2016; Stefano et al., 2018). As a multi-subunit tether complex, VAP27-1 and NET3C form ER-PM MCSs, in which NET3C also binds actin filaments and VAP27-1 might bind microtubules (Wang et al., 2014; Siao et al., 2016; Stefano et al., 2018). However, VAP27-1/NET3C MCSs are not affected by cytoskeletal disruption, even though vap27-1 vap27-3 double mutant plants exhibit a disrupted ER and actin morphology, which is linked to growth aberrant establishment of cell polarization (Wang et al., 2016; Stefano et al., 2018).



Specific Anoctamin/TMEM16/Ist2p Homologs Are ER-PM Tethers

The structural architecture of Anoctamin/TMEM16/Ist2p homologs is unique among membrane proteins (Brunner et al., 2016). They have multiple transmembrane helices forming dimers embedded within membranes. Between subunits, a cavity forms at dimeric interfaces and it is potentially filled with lipids. In the PM or ER, this dimer cavity provides a possible passage route for lipids from one leaflet of the bilayer to the other. This lipid scramblase activity is one major function ascribed to Anoctamin/TMEM16/Ist2p homologs, but some act as Cl– ion transporters, while others have one or none of the activities (Brunner et al., 2016; Whitlock and Hartzell, 2017). A select number of these proteins are found at ER-PM MCSs.

The yeast TMEM16 homolog, Ist2p is a primary tether that has extended sequences long enough to bridge the gap between the ER and PM (Maass et al., 2009; Kralt et al., 2015). Ist2p consists of an ER transmembrane region that shares homology with the Anoctamin (ANO/TMEM16) protein family, a C-terminal cortical sorting sequence, and a cytosolic inter-membrane linker. The cortical sorting sequence is a lysine-rich domain of low complexity that mediates direct PM binding by interacting with PI(4,5)P2 (Ercan et al., 2009; Fischer et al., 2009; Maass et al., 2009; Wolf et al., 2012). Ist2p plays a major role at PM-ER MCSs because the deletion of IST2 alone causes a significant reduction in membrane association (Manford et al., 2012; Wolf et al., 2012). Indeed, in scs2Δ scs22Δ cells, the additional deletion of IST2 has a greater impact on cER-PM association than deleting all three Tricalbins (Manford et al., 2012). Unlike the Tricalbins and Scs2/22p, the domain of Ist2p that extends from the ER to the PM has little defined structure, but it serves the simple requirement of being long enough to bridge the inter-membrane distance, but it may have another specific function.

The bulk of Ist2p homology to ANO/TMEM16 proteins is located within its multi-pass transmembrane domain region (Ercan et al., 2009; Hartzell et al., 2009). Of the ten human ANO proteins (ANO1-ANO10), Ist2p shares the greatest similarity to ANO10 (TMEM16K) (Kunzelmann et al., 2016). Most of the human ANO proteins, such as ANO1/2 (TMEM16a/b), localize to the PM and act as Ca2+-activated Cl– ion channels. Other ANO homologs, such as human ANO6 (TMEM16f) or A. fumigatus and N. haematococca TMEM16, appear to have phospholipid scramblase activities (Caputo et al., 2008; Schroeder et al., 2008; Yang et al., 2008; Hartzell et al., 2009; Malvezzi et al., 2013; Brunner et al., 2014; Yu et al., 2015). However, when directly assayed Ist2p does not seem to have lipid scramblase activity (Malvezzi et al., 2013). Because Ist2p shares a similar Ca2+-dependent sorting pathway to the cER with the mammalian ER Ca2+ sensor stromal interaction molecule 1 (STIM1), it has been proposed that Ist2p might be a functional equivalent of STIM1 for yeast regulation of cytoplasmic Ca2+ (Kunzelmann et al., 2016; Wanitchakool et al., 2017). If Ist2p or other ER-PM tethers play a role in yeast Ca2+ regulation, one might predict that eliminating these proteins would affect Ca2+ homeostasis. However, Saccharomyces cerevisiae lacks SERCA (sarco/endoplasmic reticulum Ca2+-ATPase)-family Ca2+ transporters and both the yeast Golgi and vacuole are the major Ca2+ storage organelles, not the ER as in metazoans (Strayle et al., 1999; Cunningham, 2011). Thus, the budding yeast ER and ER-PM MCSs seemingly play a lesser role in affecting intracellular Ca2+.



Membrane Structure at Yeast ER-PM MCSs Is Shaped Differently by Each Tether

In terms of basic protein structure, Ist2p and all yeast tethers are ER integral membrane proteins (Figure 1A). However, only Ist2p and the Tricalbins are predicted to directly span between cER and PM to make contact. In contrast, Scs2p/22p lack obvious PM interaction domains, and it is unclear if the yeast-specific tether Ice2p (see below) has cytoplasmic domains long enough to link the ER to the PM (Figure 1A). To provide membrane attachment, these proteins would seem to require additional binding subunits. Bridging between membranes through an extended protein complex is an established mode of membrane tethering. In the multi-subunit ER-mitochondria encounter structure (ERMES), ER-mitochondria contact requires several subunits (Lang et al., 2015). In a different context, the multi-subunit exocyst complex also tethers vesicle membranes to the PM during the last steps of exocytosis (Lepore et al., 2018). Whether a single intrinsic tether, or a multi-subunit bridge complex, the varied mechanisms of tethering defies simplistic definitions as involving only a single protein that spans between closely apposed membranes.

In yeast, the distance between cER and the PM is variable (∼16 to 59 nm; West et al., 2011), therefore no absolute domain length is required for a tether to reach between membranes. In fact, the transverse distance between the cER and PM appears to be highly dynamic and morphologically adaptable (Collado et al., 2019). In yeast, an artificially constructed ER-PM staple can functionally complement growth defects in cells lacking ER-PM tethers, despite being predicted to extend between membranes by only ∼10 nm (Quon et al., 2018). Therefore, estimated trans-membrane linker length does not necessarily reflect tethering function of which some can be conferred by non-specific ER-PM physical contact.

Analysis of ER-PM MCSs by cryo-electron tomography and correlative light and electron microscopy has shown that the association of different tether protein families with the PM involves distinct ER shapes (Fernández-Busnadiego et al., 2015; Saheki et al., 2016; Collado et al., 2019; Hoffmann et al., 2019). In wild-type cells, cER has regions that lay flat across the PM with other regions where the ER is tubular (West et al., 2011; Nixon-Abell et al., 2016). In cells lacking six primary tethers, expression of the yeast anoctamin/TMEM16 homolog Ist2p generates cER membrane that is tubular and sheet-like, similar to wild-type cER in width and distance from the PM (Collado et al., 2019). This result suggests that Ist2p plays an important role in shaping cER morphology (Collado et al., 2019). When Scs2p/Scs22p are expressed in cells lacking many ER-PM tethers, cER morphology is significantly altered and is mostly extended ER sheets that are narrow in width, though the distance of cER to the PM is unaffected (Collado et al., 2019). Scs2p/Scs22p appears important for maintaining ER width and does not determine cER-PM distance. The expression of only the yeast E-Syt homologs, the Tricalbins Tcb1p/Tcb2p/Tcb3p, in cells lacking other tethers resulted in cER with mainly tubular structure, and the ER membrane curves toward the PM (Collado et al., 2019; Hoffmann et al., 2019). This curvature brings ER in very close proximity to the PM, where the cER forms peaks of radius ∼10 nm at the base and height ∼7 nm.

Because ER tubulation is facilitated by reticulons, it is surprising that Tricalbin-generated ER curvature is reticulon-independent (Hoffmann et al., 2019). In the absence of reticulon-like proteins Yop1p and Rtn1p the ER loses its tubular structure and expands, but Tcb3p still forms highly curved tubules at ER-PM MCSs (Voeltz et al., 2006; West et al., 2011; Hoffmann et al., 2019). An in situ structural analysis of Tricalbins showed that rod-shaped structures, comprising SMP and C2 domains, connect the ER to the PM where Tcb3p seems to occupy a dense coat along the PM (Hoffmann et al., 2019). These results indicate that tethers not only link the ER and PM together, but in doing so they alter local membrane structure around contact sites.



MAMMALIAN ER-PM MCSs MEDIATE CA2+ REGULATION

Mammalian cells rely on ER-PM MCSs to regulate and maintain intracellular levels of Ca2+. In metazoan cells, ER-PM MCSs regulate intracellular Ca2+ levels through SOCE that refills ER Ca2+ stores via SERCA pumps (Liou et al., 2005; Zhang et al., 2005; Feske et al., 2006; Wu et al., 2006; Anderie et al., 2007; Lewis, 2007; Luik et al., 2008; Hogan et al., 2010; Manjarrés et al., 2010; Zhou et al., 2010; Haj et al., 2012). Different isoforms of SERCA pumps, SERCA2 and SERCA3, associate with STIM1 and function in SOCE (Jousset et al., 2007; Lopez et al., 2008; Sampieri et al., 2009). Whereas SERCA2 has higher affinity for Ca2+ binding and it is dependent on actin filaments, SERCA3 is more prominent in human platelets and operates independently from the actin cytoskeleton, which indicates two distinct modes of SOCE regulation (Rosado et al., 2004; Lopez et al., 2005, 2006). During SOCE, Ca2+ depletion in the ER triggers oligomerization of the ER protein STIM1, which reaches across the ER and PM to bind and activate the Ca2+ channel Orai1 at the PM (Luik et al., 2006, 2008). Orai1 activation then drives an influx of extracellular Ca2+ for ER replenishment. In this regard, STIM1 and Orai1 represent a Ca2+-regulated ER-PM tether complex. Upon Ca2+ depletion, cells overexpressing STIM1 induce greater cER in association with the PM (Orci et al., 2009). As with other membrane tethers, ancillary proteins regulate the stability of membrane connections. The ER-resident membrane protein TMEM110/STIMATE regulates, in part, the dynamic changes in STIM-Orai1 MCSs during store-dependent calcium signaling (Quintana et al., 2015).

STIM1 ER-PM contacts are structurally different from those mediated by E-Syts (Fernández-Busnadiego et al., 2015). Unlike E-Syts, STIM1 tethers the ER to the Orai Ca2+ channels in the PM upon reduction of ER luminal Ca2+ (Carrasco and Meyer, 2011). STIM1-mediated ER-PM contact sites do not form dense layer across the PM, which is in contrast to those at E-Syt mediated ER-PM contact sites (Fernández-Busnadiego et al., 2015). The role of Ca2+ at E-Syt MCSs is also different. Although C2 domains, such as those in the three mammalian E-Syts, are often associated with Ca2+-dependent membrane interactions, only E-Syt1 seems affected by intracellular Ca2+ levels (Giordano et al., 2013). E-Syt1 is diffusely localized throughout the ER under normal growth conditions, but its cortical localization is significantly enhanced in response to high intracellular Ca2+ levels associated with SOCE. In contrast, E-Syt2 and E-Syt3 mediate constitutive PM-ER membrane tethering irrespective of Ca2+ levels (Chang et al., 2013; Giordano et al., 2013; Fernández-Busnadiego et al., 2015; Idevall-Hagren et al., 2015; Yu et al., 2016). Even though E-Syt1 appears to be affected by SOCE, E-Syt1 plays no detectable role in SOCE regulation suggesting it represents a functionally different class of tethers from STIM/Orai (Giordano et al., 2013). Curiously, even though E-Syt1 can form heterodimers with E-Syt2 and 3, E-Syt1 exhibits a unique ER localization under normal conditions (Giordano et al., 2013; Saheki et al., 2016). It is unclear whether different heterodimeric combinations enable E-Syts to fulfill a broader spectrum of functional roles or to respond differentially to cellular stimuli. As in yeast, however, metazoan E-Syts are likely to be functionally redundant with other membrane tethers given that mice lacking all three E-Syts are normal (Schauder et al., 2014; Tremblay and Moss, 2016).

Neuronal cells also contain long regions of ER-PM contact, including associations mediated by ER tubules (Fernández-Busnadiego et al., 2015; Chang et al., 2017; Wu et al., 2017; Fowler et al., 2019). Even though the distance between the ER and the PM at contact sites are similar to other mammalian cells, neuronal cell bodies contain more contact sites (Fernández-Busnadiego et al., 2015; Wu et al., 2017). Although E-Syts are ubiquitously expressed, they are enriched in the brain. In this tissue, E-Syts might promote more efficient lipid transport within neuronal processes where, due to their long length, the efficiency of vesicular transport might be limited (Min et al., 2007).

Additional ER-PM tethers also participate in neuronal excitation through clustering and integrating ion channel activation. For instance, in mammalian striatal MSNs, PM Kv2.1 voltage-gated potassium channels and ER RyR Ca2+ channels are juxtaposed and cluster at ER-PM MCSs, which couples Ca2+ release with Kv2.1 regulation (Mandikian et al., 2014). Kv2.1 organizes and remodels ER-PM MCSs through direct FFAT motif-dependent interactions with VAP-A and VAP-B (Johnson et al., 2018; Kirmiz et al., 2018a, b). In addition to VAP recruitment at these ER-PM sites, Kv2.1 channels organize both PM-localized LTCC and the ER-localized RyR Ca2+ channels (Vierra et al., 2019). Together Kv2.1, LTCCs and RyR provide a platform for localized Ca2+ sparks in soma and proximal dendrites of brain neurons, independent of action potentials (Vierra et al., 2019). Kv2.1 accumulation at ER-PM contact sites is limited by VAP-A and VAP-B recruitment suggesting the functional coupling of LTCCs and RyRs in Ca2+ release is indirectly controlled by VAPs. However, a detailed mechanism for how these proteins are interconnected at ER-PM contact sites is still to be established.



ER-PM TETHERS IN BUDDING YEAST ARE MECHANISTICALLY VARIED AND FUNCTIONALLY NON-SPECIFIC

In yeast, the physical attachment between the cER and the PM is mediated by Scs2p, Scs22p, the Tricalbins Tcb1p-3p, Ist2p, as well as the yeast-specific ER integral membrane protein Ice2p (Estrada de Martin et al., 2005; Loewen et al., 2007; Toulmay and Prinz, 2012; Wolf et al., 2012; Quon et al., 2018; Figure 1A). These ER-integral membrane proteins interact with the cytoplasmic face of the PM. For some of these tether proteins, the precise mechanism for PM binding has yet to be determined, though under standard growing conditions all are functionally required for ER-PM association (Quon and Beh, 2015; Quon et al., 2018).

Six ER-PM tether proteins were identified by Manford et al. (2012), who reasoned that tethers might directly interact with both the PI4P phosphatase Sac1p and the VAP-B homolog, Scs2p. In yeast, Sac1p is an integral membrane protein restricted to the ER that may or may not regulate PM PI4P levels in trans at regions of close ER-PM apposition (Manford et al., 2010; Stefan et al., 2011; Zewe et al., 2018).

In wild-type cells, PI4P is concentrated in the Golgi, exocytic vesicles, and at the PM near sites of polarized growth at the bud tip. However, the elimination of Sac1p dramatically affects PI4P in the PM, despite the restricted localization of Sac1p in the ER, and under some conditions, the Golgi (Stefan et al., 2011; Piao and Mayinger, 2012; Venditti et al., 2019). In SAC1 deletion mutants, PI4P accumulates in the PM surrounding both the mother and daughter bud. In cells lacking both SCS2 and its homolog SCS22, a more modest but similar redistribution of PI4P in the PM was also noted (Manford et al., 2012). These results suggested, that Sac1p might act on PI4P in the PM in trans from sites associated where cER and PM meet. On the premise that unidentified tethers would be at these contact sites alongside Scs2p and Sac1p, where they might physically interact, a proteomic strategy was successfully applied to discover additional ER-PM tether proteins (Manford et al., 2012).

From the list of Sac1p- and Scs2p-interacting proteins generated by proteomic analysis, the potential tethers identified included three Tricalbins and Ist2p (Manford et al., 2012; Saheki and De Camilli, 2017b). As these integral membrane proteins had been independently found to reside at cER-PM MCSs, this proteomic approach was validated (Toulmay and Prinz, 2012; Wolf et al., 2012). Although not further investigated, many other Sac1p-Scs2p interacting proteins might also fulfill important roles at ER-PM MCSs.

Given their interaction with both Sac1p and Scs2p at ER-PM MCSs, Ist2p and the Tricalbins could conceivably form one large protein complex with coupled functionalities. Despite their interactions with both Sac1p and Scs2p, these tether proteins represent independent MCS complexes with distinct functional roles. Live cell fluorescence microscopy of yeast revealed that the distribution of different tether protein families at ER-PM MCSs do not completely overlap (Toulmay and Prinz, 2011; Manford et al., 2012; Hoffmann et al., 2019). Regardless, in yeast cells the elimination of these tether complexes results in a drastic reduction in ER-PM MCSs, and defects in PI4P regulation approaching that in sac1Δ cells (Manford et al., 2012). Recent evidence suggests that E-Syt2 may also regulate PI4P by recruiting the mammalian Sac1 to the cortex and modulating its dynamic localization (Dickson et al., 2016). Considering that the tether proteins in yeast were in part discovered though their physical interactions with Sac1p, this dynamic interaction might represent an important function of E-Syts/Tricalbins (Manford et al., 2012).

Although ER-PM association is greatly reduced in cells lacking six primary tethers (Scs2p, Scs22p, Tcb1p-3p, and Ist2p), ER-PM association is not entirely eliminated (Manford et al., 2012). Even if all ER-PM tether proteins were eliminated, Brownian motion would be predicted to generate random interactions between untethered ER and the PM. As ER diffuses through the cytoplasm near the vicinity of cell cortex, stochastic associations of freed ER might be expected. Through simple volumetric calculations, rough estimates can be made of residual random ER-PM associations remaining in cells lacking tethering proteins.1 Even so, in cells lacking just the six tether proteins, the coverage of PM with ER is still several fold more than the stochastic estimate. This calculation suggested that there is at least one more primary tether protein.


Ice2p Represents a Yeast-Specific ER-PM Tether Required for Organelle Inheritance

Ice2p is an ER Type III transmembrane protein, which also contributes to ER-PM tethering (Quon et al., 2018). Ice2p facilitates the movement and inheritance of cER along the PM from yeast mother cells into daughter cells (Estrada de Martin et al., 2005; Loewen et al., 2007). Yeast cER inheritance involves myosin-directed movement of cER tubules along the PM into emerging daughter buds via actin cables positioned parallel to the mother-daughter axis (Du et al., 2001).

Apart from its role in cER inheritance, Ice2p is recognized for multiple events in inter-organelle contact (Estrada de Martin et al., 2005; Loewen et al., 2007; Toulmay and Prinz, 2011; Tavassoli et al., 2013; Markgraf et al., 2014; Rogers et al., 2014; Quon et al., 2018). Ice2p plays distinct roles in organelle associations depending on cellular growth phase. When cells exit from stationary phase, Ice2p facilitates a direct physical interaction between the ER and lipid storage droplets, where it regulates the flow of neutral lipids from lipid droplets into the ER (Markgraf et al., 2014). As cells re-enter exponential growth, Ice2p rapidly re-localizes to the cER at punctate sites along the PM (Estrada de Martin et al., 2005; Markgraf et al., 2014; Quon et al., 2018). The deletion of ICE2 in scs2Δ cells also has considerable impact on mitotic cell growth and PC synthesis (Loewen et al., 2007; Tavassoli et al., 2013). These results are consistent with Ice2p being physically located at ER-PM MCSs and ER-lipid droplet contacts, depending on growth state.

Based on possible secondary structure predictions, Ice2p likely contains no large cytoplasmic domain or defined lipid binding domains capable of bridging across membrane gaps (Markgraf et al., 2014). Nonetheless, the third cytoplasmic loop of Ice2p is predicted to have four amphipathic helices with unstructured linker regions that might in fact extend between membranes at particularly close distances. This third Ice2p loop appears to be particularly important for its linking to LDs, and when expressed alone the Ice2p cytoplasmic loop does bind LDs and to a lesser degree the ER (Markgraf et al., 2014). Whether this loop is also pertinent for ER-PM association remains to be seen, though its estimated length is just under the smallest observed distance (16 nm) between cER and the PM (West et al., 2011).

By deleting ICE2 in the strain lacking the six other tethers, Δ-s-tether cells were generated in which ER-PM association is further reduced to calculated levels of random/stochastic contact (Quon et al., 2018; Figures 1B−E). Although in Δ-s-tether cells ER-PM membrane contact is all but eliminated, these cells are viable and grow slowly, at least under standard growth conditions. The deletion of ICE2 not only reduces cER-PM association beyond that conferred by eliminating the other six tethers, but it also significantly exacerbates phospholipid regulatory defects (Quon et al., 2018). In Δ-s-tether cells, phospholipid levels (PE, PC, and PA) are substantially reduced as are sphingolipid levels, whereas DAG levels are elevated. The addition of the PC precursor choline rescues Δ-s-tether growth defects, suggesting that a major function of yeast ER-PM MCSs involves the regulation of phospholipid synthesis. Curiously, sterol levels are unaffected in Δ-s-tether cells, even though sterol depletion causes cER expansion to nearly encompass the entire PM (Quon et al., 2018). Perhaps the assembly of ER-PM MCSs is regulated by membrane structure changes or stresses, as triggered by sterol depletion, which also affects phospholipid composition.



Ancillary Regulators and Effectors Also Contribute to ER-PM MCSs Function in Yeast

At pre-established MCSs, secondary tethers and ancillary regulators might induce contact in response to specific stimuli or might fortify and expand existing membrane association. As opposed to primary tethers required for ER-PM contact under standard conditions, secondary tethers would be sufficient (but not necessary) to promote membrane association when overexpressed or induced (Quon and Beh, 2015). Ancillary regulators include those that affect ER structure and ER shape, which influences cER association with the PM and other membrane organelles. Examples of conserved and cell type-specific modulators of ER morphology include: the dynamin-like GTPase atlastin-1 (Sey1p in yeast), reticulons, the ER/Ca2+/synaptic vesicle regulator secernin-1, and “receptor expression-enhancing protein” (REEP; homologs of yeast reticulon-interacting protein Yop1) (Park et al., 2010; Beetz et al., 2013). Several of these proteins sculpt ER shape through interactions with cytoskeletal elements such as microtubules (Park et al., 2010; Lindhout et al., 2019).

In addition to cytoskeletal interactions, many ER-PM MCS effectors make direct contact with tether proteins. Around half of VAPs/Scs2p/Scs22p interactions involve binding to “FFAT-motif proteins,” including a subset of the family of ORPs homologs (Murphy and Levine, 2016). Despite their homology to the canonical mammalian “OSBP,” not all ORPs actually bind oxysterols or sterols (Pietrangelo and Ridgway, 2018). However, ORPs act as lipid transfer proteins in vitro and are implicated in both non-vesicular and vesicular transport pathways in vivo (Alfaro et al., 2011; de Saint-Jean et al., 2011; Beh et al., 2012; Mesmin et al., 2013; Chung et al., 2015; Moser von Filseck et al., 2015a, b; Kentala et al., 2016; Tong et al., 2016). Most ORPs in mammals are associated with membrane contact sites between organelles, which appears true for some if not all yeast ORPs homologs as well (Kentala et al., 2016; Pietrangelo and Ridgway, 2018). In yeast, Scs2p binds three ORP homologs (Osh1p-3p) via their FFAT motif, which is found within an N-terminal region aside a PI4P-binding PH domain (Roy and Levine, 2004; Stefan et al., 2011; Tong et al., 2013; Weber-Boyvat et al., 2015). All yeast Osh proteins are soluble but in addition to the cytoplasm, Osh2p and Osh3p can localize to the cell cortex and Osh1p is targeted to sites at the NVJ (Levine and Munro, 2001; Kvam and Goldfarb, 2004). Osh2p and Osh3p localization with cER at ER-PM MCSs is dependent on PI4P and is significantly reduced by repression of Stt4p, the PM PI4P kinase (Stefan et al., 2011). Scs2p/22p binding to FFAT motifs also contribute to Osh2p/3p cortical localization, as well as to Osh1p NVJ localization (Loewen et al., 2003). However, in scs2Δ scs22Δ mutant cells, Osh3p colocalization with cER and PM-ER MCSs is disrupted, though it remains associated with the PM (Stefan et al., 2011). These results suggested that Osh3p acts as a PM-binding adaptor subunit for a Scs2p tethering complex that bridges between the ER and PM (Stefan et al., 2011). However, OSH3 deletion has not been reported to disrupt ER-PM association and Scs2p binding is not required, though localization of Osh3 to the cortex is needed for its functionality (Stefan et al., 2011).

A recent paper reported transient interactions between Osh2p and nascent endocytic sites on the PM near associated “cER rims” (Encinar del Dedo et al., 2017). Through interactions with the type I myosin Myo5p and Scs2p, it is proposed that Osh2p regulates cER-endocytic site associations to facilitate actin patch assembly for endocytic internalization (Encinar del Dedo et al., 2017). These studies raise the possibility that Osh2p and Scs2p couple Myo5p-dependent actin polymerization with the clearance of cER from endocytic sites undergoing membrane invagination. Even in this case, however, there is no evidence that Osh2p provides a stable link for ER-PM contact. Given the lack of functional data, the role of Osh proteins and other FFAT motif proteins in promoting general MCS assembly is still an important but open question.



THE CELLULAR COORDINATION OF PHOSPHOLIPID METABOLISM AND TRANSPORT REQUIRES ER-PM MCSs AND LIPID TRANSFER PROTEINS

The function of ER-PM MCSs is tightly coordinated with phospholipid biosynthesis (Figure 2; Toulmay and Prinz, 2011; Stefan et al., 2013; Omnus et al., 2016; Quon et al., 2018). The synthesis of all major membrane phospholipids begins with PA (Carman and Henry, 1999, 2007). In yeast cells, PA is produced either from Lyso-PA in the ER or from DAG in the PM (Figure 2A; Athenstaedt and Daum, 1997; Athenstaedt et al., 1999; Benghezal et al., 2007; Jain et al., 2007). Further conversion of PA in the ER provides the precursor for most major phospholipids in the cell (Shen et al., 1996). These precursor coupled with inositol acts as the intermediate for PI synthesis and the phosphorylated derivatives PI4P, PI3P and their derivatives PI(4,5)P2 and PI(3,5)P2 (Paulus and Kennedy, 1960; Nikawa and Yamashita, 1984; Schu et al., 1993; Yoshida et al., 1994; Yamamoto et al., 1995; Shelton et al., 2003; Jin et al., 2014). In mammals (not yeast), PI(4,5)P2 can be converted to PI(1,4,5)P3 and DAG by PLC, which can then be used to synthesize more PA (Figure 2B; Rhee, 2001).
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FIGURE 2. In yeast and mammalian cells, lipid flux through the ER and PM is partly coordinated through ER-PM MCSs. (A) In yeast cells, a primary source of PA in the PM involves Spo14p (PLD)-mediated conversion of PC. In the ER, the CDP-DAG pathway also generates PA that generates CDP-DAG, which is a precursor for PI and PS synthesis. Through its association with Ist2p, Osh6p/7p (Osh proteins and ORPs are modeled on the PI4P-bound structure of Osh4p, PBD ID: 3SPW) reciprocally exchanges PS from the ER to PM for PI4P generated in the PM by the PI4 kinase Stt4p. Acting near or in association with ER-PM MCSs, the ER PI4P phosphatase Sac1p hydrolyzes PI4P to PI. In the PM, the deposited PS is used to produce PE that is the precursor for PC synthesis by Opi3p, which interacts with Osh3p and acts in trans at ER-PM MCSs. ER bilayer perturbations that reduce the membrane PC:PE ratio activate Ire1p-dependent UPR through the Ire1p transmembrane domain. The Hac1p-dependent transcriptional program induces UPR, which affects the transcription of some lipid biosynthetic enzymes and regulators (e.g., Opi3p, Osh3p [as shown] and also Slc1p) (Travers et al., 2000; Schuck et al., 2009). This transcriptional regulation operates in parallel with the Opi1-regulated pathway of phospholipid biosynthetic gene expression, which directly responds to PA levels (Schuck et al., 2009). (B) In mammalian cells, DAG Kinase (DAGK) converts DAG to PA in the PM, which is then transported to the ER via Nir2. Nir2 is a PA/PI exchanger that reciprocally transfers PI from the ER to the PM. Once transferred to the PM, PI is converted to PI4P by PI4 kinase (PI4K) and PI4P can be transported to the ER via VAP-B interacting proteins ORP5/8. In the ER, PI4P is hydrolyzed to PI by the Sac1p phosphoinositide phosphatase. In the PM, PI4P is converted into PI4,5P2 by PI5 Kinase (PI5K) and ER-resident tethers, such as the E-Syts, physically interact with PI4,5P2 to mediate PM contact. PI4,5P2 levels are controlled by phospholipase C (PLC), which converts PI4,5P2 into DAG. Excess DAG in the PM is transported to the ER via E-Syt tether proteins. In the ER, lyso-PA is a precursor used by lyso-PA acyltransferase (LPAAT) for PA synthesis, which is the precursor for the production of DAG by phosphatidate phosphatase (PAP) or CDP-DAG by CDP-DAG synthase (CDS). CDP-DAG is a precursor for both PI by PI synthase (PIS) and PS by PS synthase (PSS). Both PI and PS are transported to PM by Nir2 and ORP5/8, respectively. PS in the ER is transported to the mitochondria where it generates PE, which is returned to the ER (dotted arrow). In the ER, PE can be converted to PC by PE N-methyltransferase (PEMT). In the Kennedy pathway, cytosolic CDP-choline generated by CCT and CPT activities produce PC by combining choline with DAG in the ER. Vesicular transport carries PC generated in the ER to the PM. In mammalian cells, the transmembrane domain of both Ire1 and PERK are important for UPR signaling as sensors of lipid perturbations and Ca2+ depletion (Volmer et al., 2013). PC synthesis is enhanced by UPR activation by increasing CCT and CPT biosynthetic activities in a post-transcriptional manner (Sriburi et al., 2004).


The lipid precursors that produce phosphoinositides also yield PS, which is then converted to PE and eventually PC (Letts et al., 1983; Kiyono et al., 1987; Kodaki and Yamashita, 1987; McGraw and Henry, 1989; Clancey et al., 1993; Trotter et al., 1995). When ethanolamine and choline are exogenously added, PE and PC can also be produced via the Kennedy pathway, which serves as an independent means of PC synthesis (Nikawa et al., 1986; Hjelmstad and Bell, 1987, 1991; Tsukagoshi et al., 1987; Hosaka et al., 1989; Min-Seok et al., 1996; Patton-Vogt et al., 1997; Henry and Patton-Vogt, 1998; McMaster, 2018). In yeast, the PLD homolog Spo14p can hydrolyze PC to its choline and PA subunits and then the Kennedy pathway can reuse those precursors to regenerate PC (Patton-Vogt et al., 1997; Xie et al., 1998; Kim et al., 1999). ER-PM MCSs appear to coordinate at least part of the interdependencies between these biosynthesis pathways (Figure 2A; Omnus et al., 2016, Quon et al., 2018).

In Drosophila photoreceptors, the lipid transfer protein “RdgB”α maintains the level of PI(4,5)P2 in the PM. RdgBα transfers PA from the PM to ER and then reciprocally transfers ER-synthesized PI back to the PM where it serves as a PI(4,5)P2 precursor (Yadav et al., 2015; Cockcroft and Raghu, 2016; Cockcroft et al., 2016). This intermembrane transfer maintains signaling transduction upon photoreception, when high PLC activity causes rapid PI(4,5)P2 turnover. Phospholipid exchange occurs between ER and the PM at RdgBα-enriched ER-PM MCSs (Cockcroft and Raghu, 2016; Cockcroft et al., 2016). The clustering of RdgBα at these ER-PM contact sites involves its FFAT motif, which enables RdgBα recruitment by Drosophila VAP-A (Yadav et al., 2018). Moreover, the absence of VAP-A leads to RdgBα mis-localization, preventing it from performing its function at ER-PM MCSs thereby disrupting phototransduction (Yadav et al., 2018).

In mammalian cells, the response to PA production involves the translocation of the lipid transfer protein Nir2, the human RdgBα ortholog, from the Golgi to the PM (Kim et al., 2013). At ER-PM MCSs, Nir2 associates with VAP-B. Nir2 transfers PI from the ER to the PM while reciprocally transferring PA in the PM back to the ER. The PA transported to the ER contributes to the generation of more PI and other phospholipids in the ER. This lipid exchange also generates a PA gradient that allows PLC and PLD in the PM to generate more PA from PI(4,5)P2 and PC, respectively (Kim et al., 2013; Chang and Liou, 2015; Chen et al., 2019). In turn, PI transported to the PM by Nir2 can now generate PI4P and PI(4,5)P2 in the PM. When in excess, DAG generated from PI(4,5)P2 can also be transported from the PM to the ER via E-Syt tether proteins or by vesicular transport (Igal et al., 2001; Saheki et al., 2016). The control of PI(4,5)P2 signaling is in part coupled to Ca2+ regulation through the integrated functions of Nir2, STIM1, and E-Syt1 at ER-PM MCSs. Membrane contact is induced by E-Syt1 upon increases in cytosolic Ca2+, whereas STIM1 translocation to ER-PM MCSs is induced by ER Ca2+ depletion, which both stimulate Nir2 PA production in the PM (Chang and Liou, 2016). A similar PA/PI(4,5)P2 regulatory cycle responds to glucose levels in other cell types. In pancreatic β-cells when glucose levels are elevated, TMEM24 plays a similar role to Nir2 (Lees et al., 2017). TMEM24 transfers PI from the ER to the PM which can be converted to PI(4,5)P2 in the PM (Lees et al., 2017).

In mammalian cells, ORP5 and ORP8 act as PS/PI4P exchangers at ER-PM MCSs to maintain phospholipid pools across these membranes (Chung et al., 2015; Ghai et al., 2017). ORP5/8 binds to the ER-localized VAP proteins, where they transfer PS from the ER to the PM and PI4P in the opposite direction (Chung et al., 2015). Within the ER, the lipid phosphatase Sac1 dephosphorylates PI4P and the generated PI is again transferred by Nir2 to the PM in exchange for PA (Nemoto et al., 2000; Liu et al., 2009). Mammalian E-Syt2 recruits Sac1 to ER-PM MCSs for this activity (Dickson et al., 2016). ORP5/8-dependent PS/PI4P exchange is regulated by low levels of PM PI4P and PI(4,5)P2 causing ORP5/8 detachment from the PM to cease PI4P transport to the ER (Sohn et al., 2018). When PI(4,5)P2 levels are elevated in the PM, ORP5 transports excess PI4P out of the PM to normalize and maintain PM PI4P homeostasis (Figure 2B; Chung et al., 2015; Ghai et al., 2017; Sohn et al., 2018).


Yeast ER-PM Contact Sites Represent a Nexus for Phospholipid Regulation

In yeast cells, ER-PM MCSs are also major determinants of phospholipid regulation. Akin to ORP5/8 in mammalian cells, yeast Osh6p/7p is recruited to ER-PM MCSs by the tether Ist2p, where Osh6p transfers PS in the ER to the PM for the reciprocal exchange of PM PI4P back to the ER (Maeda et al., 2013; Moser von Filseck et al., 2015a; D’Ambrosio et al., 2020). PE transported to the PM is converted to PC by the ER-localized Opi3p (Kodaki and Yamashita, 1987; McGraw and Henry, 1989). Another Osh protein, Osh3p, facilitates Opi3p recruitment to ER-PM MCSs where Opi3p acts in trans by reaching from the ER to generate PC in the PM (Figure 2A; Tavassoli et al., 2013; Pawlik et al., 2020). In Δ-s-tether cells lacking ER-PM MCSs, Opi3p cannot synthesize PC in trans and PC synthesis is disrupted (Quon et al., 2018). Supplying Δ-s-tether cells with supplemented choline improves cell growth likely by producing PC via the alternate Kennedy pathway (Quon et al., 2018).

In the PM, the PLD homolog Spo14p converts PC to PA but unlike mammalian cells, yeast do not have an established Nir2 homolog that transports PA back to the ER (Sreenivas et al., 1998; Xie et al., 1998). Instead, in the PM the lipid phosphatase App1p converts excess PA to DAG. In the ER, the PA phosphatase Pah1p uses PA as a substrate to produce DAG, which can be utilized for PE and PC synthesis by the Kennedy pathway (Figure 2A; Ganesan et al., 2015). At the same time, the lipid kinase Stt4p converts PI in the PM to PI4P, which is thereafter changed to PI(4,5)P2 by the PI5 kinases, Mss4p (Carman and Han, 2011).

For its role in PI4P regulation, it was suggested that the ER-localized Sac1p phosphatase acts in trans to eliminate PI4P in the PM (Stefan et al., 2011). The deletion of SAC1 and the elimination of ER-PM tethers both aberrantly accumulate PI4P in the PM (Stefan et al., 2011; Quon et al., 2018). One possibility is that Osh3p and Scs2p recruit and activate Sac1p at MCSs in order to reach out to the PM from the ER (Stefan et al., 2011). In conjunction with ORP5-mediated transfer PI4P from the PM, an alternative model proposes that Sac1 in mammalian cells turns over PM PI4P delivered to the ER in cis (Zewe et al., 2018). In the same study, Sac1 was able to act in trans when fused with an additional 6−7.5 nm linker peptide between the catalytic domain and transmembrane domain of Sac1p, which the enabled Sac1 to bridge the distance between the ER to the PM to turn over PI4P (Zewe et al., 2018). Consistent with these findings, the deletion of SAC1 in Δ-s-tether yeast cells results in synthetic lethality, which suggests that SAC1 and ER-PM tethers act in parallel but functionally independent pathways (Quon et al., 2018). Moreover, when ER-PM contact is reintroduced in Δ-s-tether cells using an artificial ER-PM staple, the PM is still enriched in PI4P and does not re-establish the normal cellular distribution of PI4P, which is absent in the PM of mother cells (Quon et al., 2018). This would argue that forcing membrane contact between the ER and PM is not sufficient for Sac1p to act in trans, at least not effectively.

As with mammalian ORPs, the seven yeast ORPs Osh1p-Osh7p together also affect PI4P levels (Stefan et al., 2011). The Osh family of proteins share at least one overlapping essential function and eliminating all Osh proteins increases cellular PI4P by ∼20-fold over wild-type cells (Beh and Rine, 2004; Stefan et al., 2011). This accumulation is even greater than in sac1Δ cells where PI4P levels only increase ∼6 fold (Rivas et al., 1999). Give that more PI4P accumulates in Osh-depleted cells, the Osh protein family affects PI4P regulation beyond just Sac1p-dependent PI4P dephosphorylation. Osh proteins might also regulate other PI4P phosphatases or facilitate PI4P consumption and conversion into greater phosphorylated phosphoinositide species.

In Δ-s-tether cells, the lack of ER-PM MCSs leads to increased DAG levels, decreased levels of PA and PA-derived phospholipids, and decreased amounts of sphingolipids (Quon et al., 2018). This result suggests that DAG generation of PA is inhibited, and some aspect of PA biosynthesis is dependent on ER-PM MCSs. Because DAG is readily consumed in the synthesis of phospholipids and TAG, DAG generally represents a minor fraction of total membrane lipids (Ejsing et al., 2019). In growing yeast cells, however, DAG is enriched in the vacuolar membrane and a minor DAG pool resides in the ER membrane (Ganesan et al., 2019). The pool size and trafficking of DAG is also affected by other lipids including PS and also sphingolipid synthesis, which generates DAG (Figure 2A; Ganesan et al., 2019). In yeast strains defective in sphingolipid synthesis, DAG is primarily localized to the PM rather than the vacuolar membrane (Ganesan et al., 2019). As such, ER-PM MCSs might affect DAG pools by modulating PS trafficking or sphingolipid synthesis, and/or by repressing the normal regulation of DAG-PA interconversion. In general, this regulatory control over phospholipid synthesis and distribution impacts membrane structure and functional activities.



ER-PM Contact Sites as Zones for Sterol Biosynthesis and Membrane Exchange

The original finding that PAM fractions are enriched in ER sterol biosynthetic enzymes, also suggests an intimate relationship between ER sterol synthesis and those areas of the ER associated with the PM (Pichler et al., 2001). Moreover, the inactivation of sterol synthesis in yeast induces ER-PM MCSs, resulting in the nearly complete coverage of the PM with cER (Quon et al., 2018). In addition to potential sterol exchange at ER-PM MCSs, additional mechanisms clearly contribute to sterol transport.

Through exocytosis, some sterol is sorted and transferred to the PM by vesicular transport (Surma et al., 2011). In the absence of vesicular transport, however, sterols are still delivered to the PM from their site of production in the ER (Kaplan and Simoni, 1985). A conserved aspect of this “non-vesicular” transfer mechanism is that it involves equilibrative exchange between the ER and PM (Kaplan and Simoni, 1985; Menon, 2018). Even though sterol transport is non-directional, sterols ultimately concentrate within the PM because its lipid composition is preferable for sterol inclusion (Baumann et al., 2005; Menon, 2018). As presumptive sites for ER-PM sterol exchange, ER-PM MCSs might reduce the intermembrane gap necessary for membrane-bound lipid transfer proteins to transport sterols. In yeast, the necessity of ER-PM MCSs for sterol exchange has been directly tested and, despite a defect in sterol internalization, mutant cells lacking the seven primary tethers still retain normal equilibrative sterol exchange between the two membranes (Quon et al., 2018).

Plasma membrane fractions from either wild-type or Δ-s-tether cells indicate that the subcellular distribution or ergosterol (the yeast equivalent of cholesterol) is unaffected by the absence of ER-PM contact sites (Quon et al., 2018). However, retrograde transport of sterols from the PM back to the ER is moderately defective in Δ-s-tether cells (Quon et al., 2018). Using transport-coupled esterification of exogenous sterols as an assay, retrograde transport is slowed ∼4-fold as the imported sterol moves from the PM to the ER and then lipid droplets, following esterification. Measuring sterol transport in the opposite direction, a pulse-chase analysis of de novo synthesized [3H]ergosterol indicated that the half time of sterol transfer from the ER to the PM is ∼10 min in both wild-type and Δ-s-tether yeast (Quon et al., 2018). These results suggest a limited role of ER-PM MCSs in equilibrative sterol exchange.

ER-PM MCSs and membrane-bound sterol transfer proteins might facilitate sterol exchange if they act in concert with other independent transport mechanisms. For instance, an overlapping mechanism for sterol delivery to the PM is vesicular transport. However, blocking exocytosis in △-s-tether cells has no significant effect on the transfer of sterols from the ER to PM (Quon et al., 2018). As another redundant exchange pathway, soluble sterol transfer proteins might act as a compensatory mechanism in the absence of sterol exchange at ER-PM MCSs.

In yeast cells, Osh4p is the most abundant yeast ORP that binds both sterols and PI4P (Im et al., 2005; de Saint-Jean et al., 2011). In liposome transfer assays, Osh4p was shown in vitro to exchange sterols and PI4P (de Saint-Jean et al., 2011; Moser von Filseck et al., 2015b). However, in vivo sterol transfer assays have not confirmed this activity in living cells, at least between the ER and PM (Georgiev et al., 2011; Quon et al., 2018). Osh4p associates with the Golgi and post-Golgi exocytic vesicles and its transfer activities are likely more pertinent in that cellular context (Fairn et al., 2007; Alfaro et al., 2011). In fact, the entire family of Osh proteins is dispensable for ER to PM sterol transfer, though specific Osh proteins affect phosphoinositide metabolism at ER-PM MCSs (Georgiev et al., 2011; Stefan et al., 2011). The role of Osh4p in phosphoinositide regulation, as opposed to sterol transfer, is the probable basis for the lethality of deleting OSH4 in Δ-s-tether cells (Quon et al., 2018). In sterol transfer assays using a conditional osh4 Δ-s-tether mutant, no compounding defect in ER-PM sterol exchange was detected (Quon et al., 2018). The fact that the absence of ER-PM contact sites has no impact on ER to PM sterol transfer is not due to compensatory transport by vesicular transport or Osh4p, which is the predominant sterol-binding protein in yeast. Although the equilibrative mechanism of sterol exchange within yeast is unclear, the import of exogeneous sterols is affected by ER-PM MCSs and associated sterol transfer proteins.

The StARkin family possess StART domains, or StART-like domains, which mediate lipid and sterol transfer (Gatta et al., 2018; Horenkamp et al., 2018; Jentsch et al., 2018; Tong et al., 2018). In budding yeast, there are six StART domain homologs that include Lam1p-4p, which are ER membrane proteins that can be found at various organelle contact sites (Gatta et al., 2015). In Lam proteins, within the StART-like domain, a hydrophobic cavity can accommodate a sterol ligand (Tong et al., 2018). Yeast cells lacking Lam2p (also known as Ysp2p) exhibit reduced esterification rates of imported sterol, indicating a role in exogenous sterol uptake (Roelants et al., 2018; Tong et al., 2018). Lam2p localizes to spots both in cytoplasmic ER and where cER and PM are associated, though distinct from where other functional tethers are observed (Gatta et al., 2015; Quon et al., 2018). In fission yeast, the Lam homolog Ltc1p is also localized to sites on perinuclear ER and the cell cortex, where it is involved in retrograde sterol transfer (Marek et al., 2020). At the cell cortex, Ltc1p facilitates an actin-dependent sterol transfer either directly from the PM to endosomes, or indirectly through the ER as an intermediate (Marek et al., 2020).

The mammalian homologs of the Lam/Ltc protein family are GRAMD1a, b, and c, GRAMD2a and b (also known as GRAM3). GRAMD1a, b, and c contain both StART-like sterol transfer domains and PH-like GRAM (Glucosyltransferases, Rab-like GTPase activators and Myotubularins) sterol-sensing domains, while GRAMD2a and b contain only GRAM domains (Horenkamp et al., 2018; Sandhu et al., 2018; Naito et al., 2019). At ER-PM contacts, GRAMD2a co-localizes with the E-Syt2 and E-Syt3 tethers (Besprozvannaya et al., 2018). In response to PM cholesterol accumulation, the N-terminal GRAM domain of GRAMD1b (also known as Aster-B protein) binds PS and cholesterol, which recruits GRAMD1b to ER-PM MCSs where it mediates retrograde cholesterol transport (Sandhu et al., 2018; Naito et al., 2019). PM cholesterol accumulation cannot be cleared when GRAMD1 proteins are eliminated, indicating that they facilitate cholesterol transport out of the PM and into the cell (Naito et al., 2019). As sites of lipid transfer or regulation, ER-PM MCSs affect the distribution and metabolism of both sterols and phospholipids, which directly impacts PM and ER function and morphology.



ER-PM CONTACT SITES CONFER UNIQUE MEMBRANE STRUCTURES FOR cER EXTENSION AND MITOTIC ER INHERITANCE

In neurons, continuous smooth “thin” ER tubules extend into axons. At synaptic boutons, the tubules branch and wrap around several organelles and synaptic vesicles at nerve termini (Wu et al., 2017). ER-PM MCS tether proteins have additional functions in controlling axonal ER morphology and regulating neurite outgrowth. During growth cone navigation, STIM1 mediates an interaction between ER and microtubules through direct interactions with EB proteins attached to the plus-end of microtubules (Grigoriev et al., 2008; Pavez et al., 2019). This interaction recruits microtubules to the motile growth cone periphery, which remodels ER for axon guidance and localized Ca2+ signaling (de Juan-Sanz et al., 2017; Pavez et al., 2019).

In plants, the major conserved families of ER-PM tethers affect plant-specific structures. Plant cells are linked together through distinctive ER-PM MCS structures at plasmodesmata, where the compressed ER of the desmotubules extend from one cell into the next (Grison et al., 2015). Both SYT1 and VAP27 are the implicated tethers that connect the plasmodesmata to the closed apposed PM, which also mediates stress tolerance and plant defenses (Levy et al., 2015; Wang et al., 2016).

SYT1 and VAP27 are also involved in anchoring the PM to the cell wall during plasmolysis, in which plant cells exposed to hyperosmotic stress lose water causing the cell membrane release from the cell wall (Schapire et al., 2008; Wang et al., 2016). This localization to stretched regions of the PM at the tips of Hechtian strands suggests that VAP27 and SYT1 ER-PM MCSs provide additional mechanical support to the PM. How these tethers interact with the cell wall is not well understood (Schapire et al., 2008; Wang et al., 2016). These findings show how ER-PM MCSs generally regulate the dynamics of membrane structure and distribution.

In both yeast and higher eukaryotes, the ER is an essential organelle that is not synthesized de novo. In a number of cell types, cER redistribution along the PM is cell-cycle regulated. For example, in mammals, the ER is redistributed into cortical clusters at the cortex during oocyte maturation, which facilitates Ca2+ storage and regulation (FitzHarris et al., 2003; Kim et al., 2014). In S. cerevisiae, cER segregation from mother cells to growing daughter cells is tightly regulated event during the cell cycle (Fehrenbacher et al., 2002; Du et al., 2004). At the bud tip of the daughter cell, once cER is established by its attachment to the PM, cER expands through the entire bud to form a complex ER network (Du et al., 2006). cER attachment to the PM is therefore an inherent necessity for ER inheritance, which is essential for proper cell division.

In growing yeast, Ice2p facilitates the attachment and segregation of cER into the bud; ICE2 deletion causes defects and abnormalities in cER distribution (Estrada de Martin et al., 2005). Although Ist2p and the Tricalbins Tcb2p and Tcb3p are also localized to the cER in budding daughter cells, it is because their mRNAs are specifically targeted into the bud (Shepard et al., 2003). The transcripts for these tethers are then translated within the bud presumably for the expansion of cER already inherited from the mother cell via Ice2p. In contrast, Scs2p is ubiquitously present in all forms of ER, which provides multiple paths for its inheritance into the daughter cell. In fact, the combined deletions of SCS2 and ICE2 negatively impacts cER accumulation in the bud more than mother cells (Tavassoli et al., 2013). These results indicate that Scs2p and Ice2p are tether proteins that are more involved in facilitating cER inheritance, whereas Ist2p and Tricalbins are more relevant to generalized cER expansion.



ER-MCSs PROMOTE ER MEMBRANE STRESS RESPONSES

Delays in cER inheritance induce ER stresses that elicit a complex cell cycle response involving the Slt2p MAP kinase (Babour et al., 2010). This “ER surveillance pathway” provides monitoring system for the functional capacity and segregation of ER prior to cell division. The sensor for Slt2p activation in this pathway is Slg1/Wsc1p, a PM transmembrane domain protein that is otherwise involved in the maintenance of cell wall integrity (Verna et al., 1997; Philip and Levin, 2001). Through Slg1/Wsc1p and Slt2p, ER stress ultimately delays the transfer of cER into daughter cells to maintain mother cell viability until ER functionality can be restored for both mother and daughter bud. In the event of ER stress, the domain restriction of cER also prevents the spread of unfolded proteins to daughter cells and isolates the contagion of ER stress to the mother cell (Babour et al., 2010).

As one of the hallmark events in “ER surveillance,” septin filaments that form a ring around the bud neck are stabilized during ER stress and do not disperse as required for cytokinesis (Babour et al., 2010). Normally, septins at the PM around the bud neck form a structure that separates the mother cell from the growing daughter bud, but it also restricts cER between these two domains (Babour et al., 2010; Chao et al., 2014; Clay et al., 2014). By preventing the dispersal of the septin ring during ER stress, the ER surveillance pathway stops “damaged ER” from entering the daughter cell, which also delays cytokinesis. The physical interactions between the septin Shs1p, the ER-PM tether protein Scs2p, and the polarisome-binding protein Epo1p enforce the diffusional barrier to cER transfer (Chao et al., 2014). This complex of proteins represents another bona fide multi-subunit ER-PM tether that is ultimately required for controlling ER polarization into daughter buds.

Although the ER surveillance pathway is affected by ER stress, it is distinct and independent from the well-established “UPR” pathway (Babour et al., 2010). Whereas the UPR pathway is IRE1-dependent and is induced by the ER-luminal accumulation of unfolded proteins, the ER surveillance pathway is triggered by a transient increase in sphingolipids and ceramides, which in turn a transient phosphorylation and activation of Slt2p (Piña et al., 2018). It is unclear how sphingolipid biosynthesis is induced by ER stress, though it seems to involve the SPOTS (Serine Palmitoyltransferase, Orm1/2, Tsc3, and Sac1) complex, and more specifically Orm1p and Orm2p, which negatively regulate sphingolipid biosynthesis (Breslow et al., 2010; Han et al., 2010). How the ER surveillance pathway is affected by wider issues of ER-PM tethering is also unclear. Scs2p and Ice2p are directly involved in ER inheritance, and cells that lack ER-PM MCSs exhibit increases in ceramide levels though sphingolipid levels are substantially decreased (Quon et al., 2018). How these particular changes in ceramide and sphingolipid synthesis impact ER surveillance is unknown.

In yeast, major disruptions in ER-PM contact leads to UPR activation via Ire1p, the ER membrane-bound sensor (Manford et al., 2010). Ire1p activation of the Hac1p transcription factor induces genes for protein folding, protein degradation, anti-oxidative stress and lipid/inositol metabolism (Travers et al., 2000; Kimata et al., 2005). Driven by lipid biosynthesis, UPR activation also increases ER membrane expansion in the cytoplasm, though the ER at the cortex is unaffected (Schuck et al., 2009). This UPR-driven ER expansion requires the Ino2p/4p transcription factors that are positive regulators of phospholipid biosynthesis. Expansion and increased volume of the ER might facilitate protein folding, and in this context ER-PM MCSs might affect lipid biosynthesis that is in turn necessary for ER expansion (Apetri and Horwich, 2008; Schuck et al., 2009). However, a recent study showed that the canonical UPR pathway is independently induced by lipid bilayer stress and proteotoxic stress (Ho et al., 2020). Changes in the ER lipid composition affecting the PC/PE ratio induce a strong UPR bilayer stress that is attenuated by choline, but unaffected by the protein aggregation inhibitor 4-phenylbutyric acid. In either the yeast or mammalian homolog, removal of the Ire1p ER luminal domain, which mediates the response to ER proteotoxic stress, does not affect UPR activation in response to cellular perturbations disrupting lipid regulation (Volmer et al., 2013; Ho et al., 2020). Instead, the Ire1p transmembrane domain induces a specific UPR program in response to lipid bilayer stress that induces genes to restore lipid and ER membrane homeostasis (Figure 2A; Ho et al., 2020). Removal of yeast ER-PM MCSs causes significant lipid homeostasis defects as well as UPR activation (Manford et al., 2012; Quon et al., 2018). It seems probable that the phospholipid defects observed in yeast ER-PM tether mutants induce this independent lipid bilayer-stress UPR program.

In mammalian cells, the homologous IRE1-dependent pathway activates the UPR-dependent transcription factor XBP1, which also induces ER expansion and phospholipid biosynthesis (Sriburi et al., 2004). Through XBP1, UPR activation enhances PC synthesis by increasing CCT and CPT biosynthetic activities, in an indirect post-transcriptional mechanism (Figure 2B; Sriburi et al., 2004). ATF6 represents another UPR sensor, that mediates increased PC synthesis and ER expansion. Although ATF6 signaling converges on XBP1, increases in phospholipid synthesis by ATF6 are partially XBP1 independent (Bommiasamy et al., 2009). The PERK is yet another major mammalian ER sensor for UPR activation during ER stress (Schröder and Kaufman, 2005). Both Ire1 and PERK transmembrane domains act as UPR signaling sensors in response to membrane perturbation (Volmer et al., 2013). In a UPR-independent mechanism, however, PERK also affects Ca2+-induced ER stress and regulates ER-PM MCSs assembly through the redistribution of STIM1 and E-Syt1 ER tethering proteins (van Vliet et al., 2017). Ca2+ depletion from the ER stores, and the subsequent elevation of cytosolic Ca2+, triggers PERK dimerization and through its interaction with the actin-binding protein Filamin A, causing a remodeling of the association between F-actin and the ER (van Vliet et al., 2017). This change in cortical actin-ER organization allows greater ER access to the PM, which in turn stabilizes STIM1 and E-Syt1 contact with the PM. PERK also exhibits a very direct role in lipid biosynthesis due to its intrinsic lipid kinase activity, which synthesizes PA upon UPR induction (Bobrovnikova-Marjon et al., 2012). In addition to the impact of PA as a signaling ligand, the PA synthesized serves as an anabolic substrate for other phospholipids (Bobrovnikova-Marjon et al., 2012; Foster, 2013).


Phosphoinositide Signaling and PM Membrane Stresses Affect Plant ER-PM Tethers

In Arabidopsis, knock-out mutations in SYT1 render cells hypersensitive to environmental conditions that trigger membrane stress such as mechanical, cold, and ionic damage (Schapire et al., 2008, 2009; Yamazaki et al., 2008; Pérez-Sancho et al., 2015, 2016). These phenotypes suggest that ER-PM MCSs function is required for structural support further buttressed by the ER and the cytoskeleton. This hypothesis is further supported by dynamic phosphoinositide-mediated changes in ER-PM MCSs observed in Arabidopsis in response to ionic stress and rare earth elements (Lee et al., 2019, 2020; Figure 3).
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FIGURE 3. Environmental regulation and dynamics of SYT1-labeled ER-PM MCS in Arabidopsis seedlings. (A,B) Time course co-localization of SYT1-RFP ER-PM MCSs (purple) with the luminal ER marker GFP-HDEL (green). 5-day-old Arabidopsis cotyledon epidermal cells where treated with mock (A) or ionic stress (100 mM NaCl) (B) for 8 h prior to imaging. For the subsequent 100 s time course overlay, SYT1-RFP is shown corresponding black and white panels. (C,D) The time course overlay of SYT1-RFP dynamics in A and B is shown in panels (C,D), respectively. Each color in the overlay represents the position of the SYT1-RFP signal at the corresponding 20 s interval. Asterisks mark where SYT1-RFP nodes are static throughout the time course. Bars = 5 mm.


At the molecular level, the ionic stress response induces PI(4,5)P2 accumulation, which promotes the electrostatic binding of the C-terminal C2 domains of ER-anchored SYT1 to the PM (Pérez-Sancho et al., 2015). This slow, but highly dynamic process effectively increases ER-PM association, which promotes a protective response that enables the PM to withstand ionic stress. Changes in phosphoinositide composition and ER-PM MCS assembly are specifically induced by stresses that inhibit PM Ca2+ channels. Perturbations of Ca2+ channel activity by rare earth elements trigger the PM accumulation of PI4P and results in a three- to four-fold increase in SYT1/SYT5 ER-PM MCSs (Lee et al., 2020). This mechanism demonstrates that the coordination of Ca2+ and phosphoinositide signals, together with ER-PM MCSs, sustains plant growth under suboptimal stress conditions (Bayer et al., 2017).

The stress-induced changes in phosphoinositides also highlight a role for ER-PM MCS as molecular platforms for other phosphoinositide-dependent processes. As first shown in mammalian cells, E-Syts ER-PM at MCSs become sites for PI3P synthesis where they promote autophagosome biogenesis (Nascimbeni et al., 2017). In plants, the presence of an autophagy-dependent pathway starting at ER-PM MCSs involves the interaction among the Arabidopsis AtEH/Pan1 (homologs of the yeast ARP2/3 complex activator, Pan1p), the actin cytoskeleton, and the ER-PM MCS resident proteins VAP27-1 and VAP2-3 (Stefano et al., 2018; Wang and Hussey, 2019; Wang et al., 2019). These studies feature an important role for plant and animal ER-PM MCS in the targeted removal and recycling of endocytic machinery as a cellular adaptive mechanism to nutrient deprivation.



CONSERVED ER-PM TETHERS ARE IMPLICATED IN DISEASE ETIOLOGY

The prevalence of ER-PM association in neuron cell bodies might explain the etiological link between ER-PM MCS dysfunction and neurodegenerative disorders such as HSPs, SMA, and ALS (Nishimura et al., 2004; Blackstone, 2012, 2018; Darbyson and Ngsee, 2016). HSPs are a group of genetically heterogeneous neurodegenerative diseases that disrupt the long axons of the corticospinal pathway that affect motor function (Blackstone, 2018). Many HSP mutations disrupt genes encoding proteins that organize and maintain neuronal ER structure (Boutry et al., 2019; Fowler et al., 2019). These proteins include reticulons, atlastin and other ER-shaping factors, though a specific ER-PM tether has yet to be implicated in an HSP disorder (Fowler et al., 2019). The inheritable disorders ALS8 and late-onset SMA are caused by missense mutations in VAP-B (Nishimura et al., 2004). VAP-B is involved in ER-PM tethering but because VAP-B also resides at several different organelle contact sites, it is not clear whether ER-PM tethering is necessarily or exclusively involved in ALS8 pathology. Secretory and phosphoinositide defects in VAP-B/ALS8 mutants can be rescued by overexpression of OSBP (Oxysterol-binding protein) in Drosophila, or ORP3 (OSBP-related protein 3) in HeLa cells (Moustaqim-Barrette et al., 2014; Darbyson and Ngsee, 2016). Indeed, the ORP family of proteins are themselves implicated in the regulation of multiple organelle MCSs within cells (Pietrangelo and Ridgway, 2018). Phosphoinositide regulation is a recurrent theme in VAP and ORP activities at MCSs.

The Anoctamin/TMEM16/Ist2p ion channel/lipid scramblase family is also directly involved in a wide variety of diseases (Whitlock and Hartzell, 2017). In particular, defects in ER-localized ANO5 (Anoctamin 5/TMEM16E) transmembrane protein cause adult-onset muscular dystrophy (Bolduc et al., 2010). In MMD3 patient-derived myoblasts, mutant ANO5 failed to repair PM injury due to the compromised ability of the ER to remove Ca2+ at PM damage (Chandra et al., 2019). Given that ER-PM tethering is essential for cellular Ca2+ homeostasis in mammalian cells, these results suggest a role for ANO5 at regions of ER-PM association.

The cell-cell movement of viruses in plants provides another very different example of how ER-PM MCSs affect disease. Plant homologs of the E-Syt family are recruited to facilitate infection of several diverse viruses, including Tobamovirus (Levy et al., 2015). At these sites, the cER is remodeled to form viral replication sites on the PM adjacent to plasmodesmata, which form syncytial connections between cells that enables viral spread. A. thaliana infection by powdery mildew fungi is also severely inhibited in syt1 mutant plants, but in this case the role of the plant E-Syt homolog SYT1 seems to involve endocytosis (Kim et al., 2016; Yun et al., 2016). In the absence of SYT1, there is an enrichment of PM pools of PEN1 (PENETRATION1), which otherwise cycles between endosomes and the PM and regulates a distinct immune secretory pathway (Kwon et al., 2008; Lewis and Lazarowitz, 2010; Reichardt et al., 2011; Kim et al., 2016).

In mammalian cells, E-Syt1 and E-Syt3 interacts with the HSV-1 glycoprotein gM (El Kasmi et al., 2017). In this case, viral release and cell-to-cell spreading through virus-induced syncytia is actually repressed by these E-Syts. How other mammalian E-Syts regulate or modulate HSV-1-induced fusion events requires further analysis. Across species, however, depending on cellular context, ER-PM tether proteins present a multitude of mechanisms in disease pathologies.



UNRESOLVED PARADOXES

Despite their importance to membrane and lipid regulation, or perhaps because of it, ER-PM tethers are not essential for growth; these proteins are functionally redundant with other cellular pathways. In yeast, the elimination of nearly all cER-PM association is not lethal (Quon et al., 2018). The resulting membrane dysfunction in these cells is presumably ameliorated by compensatory changes in lipid synthesis and/or membrane stress responses. In mice, the elimination of all E-Syts has no apparent effect on basic cellular functions (Sclip et al., 2016; Tremblay and Moss, 2016). However, mice lacking all E-Syts show a compensatory increase in the expression of Orp5/8, Orai1, STIM1 and TMEM110, which might adaptively correct any tethering deficiency (Tremblay and Moss, 2016). Mouse embryonic fibroblasts in which E-Syt2 and E-Syt3 are eliminated are more sensitive to stringent culture conditions and oxidative stress (Herdman et al., 2014). Dynamic changes in ER-PM MCS density also appears to ameliorate stresses on the ER and PM. Perhaps the essential importance of ER-PM tether proteins is best revealed under conditions of membrane stress.

Phosphoinositide regulation and signaling is a recurrent theme whenever ER-PM MCS function is investigated. Whether induced by stress or as a necessary part of phosphoinositide cycling between membranes, ER-PM MCSs, with ancillary regulators and effectors like Sac1p and the ORP proteins, are major regulators of PI4P, PI(4,5)P2, and even PI3P (Stefan et al., 2011; Stefan, 2020). In turn, ER-PM MCSs serve as important hubs for many phosphoinositide-dependent processes relating to PM dynamics, growth, and membrane repair. Together with the general regulation of phospholipid biosynthesis, these processes appear to be coordinated with the regulation of other cellular structures such as the cytoskeleton. The cytoskeleton often represents a barrier to organelle membrane interactions and is an organizing structure for controlling ER-PM MCS dynamics. Indeed, investigations into the wider role of ER-PM MCSs in controlling cellular structure during the cell cycle might supplant studies of their role in phospholipid and membrane regulation.
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ABBREVIATIONS

Δ -s-tether, Δ -super-tether; ALS, amyotrophic lateral sclerosis; cER, cortical endoplasmic reticulum; CCT, choline cytidylyltransferase; CPT, cholinephosphotransferase; DAG, diacylglycerol; ER, endoplasmic reticulum; ERMES, ER-mitochondria encounter structure; E-Syt, extended synaptotagmin; FFAT, two phenylalanines in an acidic tract; GRAM domain, Glucosyltransferases, Rab-like GTPase activators and Myotubularins domain; HOG, high osmolarity glycerol; HSPs, hereditary spastic paraplegias; MSMs, medium spiny neurons; LD, lipid droplets; MCSs, membrane contact sites; MSP domain, major sperm protein domain; OSBP, oxysterol-binding protein; ORP, OSBP-related protein; Osh, OSBP homolog; NVJ, nuclear-vacuolar junction; PA, phosphatidic acid; PAM, PM-associated membrane; PC, phosphatidylcholine; PE, phosphatidylethanolamine; PERK, PRK-like endoplasmic reticulum kinase; PH domain, pleckstrin homology domain; PI, phosphatidylinositol; PI4P, phosphatidylinositol-4-phosphate; PI(4,5)P2, phosphatidylinositol-4,5-bisphosphate; PM, plasma membrane; PS, phosphatidylserine; SERCA, sarco/endoplasmic reticulum Ca2+-ATPase; SMA, spinal muscular atrophy; SMP domain, synaptotagmin-like mitochondrial protein domain; SOCE, store-operated Ca2+ entry; SPOTS complex, serine palmitoyltransferase, Orm1/2, Tsc3, and Sac1 complex; StART domains, steroidogenic acute regulatory transfer domains; SYT, synaptotagmin; TAG, triacylglycerol; Tcb, tricalbin; TMEM protein, transmembrane protein; TULIP domain, tubular lipid binding domain; UPR, unfolded protein response; VAMP, vesicle-associated membrane protein; VAP, VAMP-associated protein; WT, wild type.

FOOTNOTES

1Using the cytoplasmic volume determined for a prolate unbudded yeast cell (excluding volumes of major organelles), and the volume occupied by the ER-association with the PM (40% cortical coverage with a 35 nm thickness, corresponding to the average ER-PM gap distance), the ratio of cER:cytoplasm volume is ∼0.02. In other words, 2% of untethered cER would be predicted to still be in the PM vicinity (if evenly dispersed throughout the cytoplasm). These calculations are qualified by the assumption that untethered ER is unstructured and not elastic, which is generally consistent with experimental observations.
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DDHD1 and DDHD2 are both intracellular phospholipases A1 and hydrolyze phosphatidic acid in vitro. Given that phosphatidic acid participates in neurite outgrowth, we examined whether DDHD1 and DDHD2 regulate neurite outgrowth. Depletion of DDHD1 from SH-SY5Y and PC12 cells caused elongation of neurites, whereas DDHD2 depletion prevented neurite elongation. Rescue experiments demonstrated that the enzymatic activity of DDHD1 is necessary for the prevention of neurite elongation. Depletion of DDHD1 caused enlargement of early endosomes and stimulated tubulation of recycling endosomes positive for phosphatidic acid-binding proteins syndapin2 and MICAL-L1. Knockout of DDHD1 enhanced transferrin recycling from recycling endosomes to the cell surface. Our results suggest that DDHD1 negatively controls the formation of a local phosphatidic acid-rich domain in recycling endosomes that serves as a membrane source for neurite outgrowth.
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INTRODUCTION

Phosphatidic acid (PA) forms signaling microdomains in cell membranes and is involved in a variety of physiological processes, including actin dynamics, membrane remodeling, apoptosis, and cell migration (Tanguy et al., 2019). Recent studies highlighted that PA also participates in invadopodia formation (Wang et al., 2017), podosome formation (Bolomini-Vittori et al., 2019), and the Hippo pathway (Han et al., 2018). PA is a key intermediate in glycerolipid biosynthesis and generated by enzymes such as phospholipase D (PLD) that hydrolyzes phospholipids, diacylglycerol (DAG) kinase that phosphorylates DAG, and lysoPA acyltransferase that acylates lysoPA. On the other hand, PA is metabolized to DAG by a PA phosphatases, Lipin 1. PA is converted to lysoPA by phospholipases A (PLA): PLA1 and PLA2 hydrolyze the sn-1 and sn-2 positions of PA, respectively.

The mammalian intracellular PLA1 (iPLA1) family (Tani et al., 2013) is composed of PA-preferring phospholipase A1 (PA-PLA1)/DDHD1 (Higgs et al., 1998), DDHD2/KIAA0725p (Nakajima et al., 2002), and p125/Sec23IP (Tani et al., 1999); the last of which, however, does not show significant phospholipase activity (Nakajima et al., 2002). Depending on their distribution, these enzymes could affect the structures and dynamics of distinct intracellular organelles (Tani et al., 2013). DDHD1 is the first identified iPLA1 and is highly expressed in the brain and testes (Higgs and Glomset, 1994). It can degrade not only PA but also phosphatidylinositol (PI) (Yamashita et al., 2010). Human genetic studies revealed that one of the causative mutations of hereditary spastic paraplegia (HSP) occurs in the DDHD1 gene (SPG28) (Tesson et al., 2012). HSP is an inherited neurodegenerative disorder characterized by length-dependent distal axonopathy, resulting in progressive lower limb spasticity and weakness (Blackstone, 2012). For SPG28, mitochondrial dysfunction has been suggested to be a crucial mechanism in its pathogenesis (Tesson et al., 2012; Liguori et al., 2014; Mignarri et al., 2016). Consistently, our previous study showed that DDHD1 regulates mitochondrial dynamics and that its ablation causes sperm malformation due to mitochondrial organization defects (Baba et al., 2014), although no SPG phenotype was seen in DDHD1 knockout (KO) mice (Baba et al., 2014). A lack of the HSP phenotype in DDHD1 KO mice was also reported very recently by Inloes et al. (2018). Moreover, they showed that DDHD1 ablation causes a decrease in lysoPI and a corresponding increase in PI in the brain, but not in the testes (Inloes et al., 2018).

Although DDHD1 is mostly cytosolic, DDHD2 is associated to some degree with membranes (Nakajima et al., 2002; Morikawa et al., 2009; Sato et al., 2010; Inoue et al., 2012) and shows affinity for PI4-phosphate (Inoue et al., 2012). Differing from DDHD1, DDHD2 is ubiquitously expressed (Nakajima et al., 2002). DDHD2 is also a causative gene for HSP (SPG54), and the patients exhibit a lipid peak in the brain detectable on magnetic resonance spectroscopy (Schuurs-Hoeijmakers et al., 2012; Doi et al., 2014). The HSP phenotype and neutral lipid accumulation of SPG54 could be reproduced in DDHD2 KO mice (Inloes et al., 2014; Maruyama et al., 2018), and DDHD2 was found to possess triacylglycerol lipase activity (Inloes et al., 2014) and DAG lipase activity (Araki et al., 2016; Aso et al., 2016). Although it has been suggested that neutral lipid accumulation in the brain is a cause of SPG54 (Inloes et al., 2014), our recent study involving DDHD2 KO mice and cells suggested that reactive oxygen species (ROS) production in mitochondria in motor neurons also likely contributes to cell apoptosis and the onset of SPG54 (Maruyama et al., 2018).

Phosphatidic acid and PA-producing enzyme PLD have been implicated in the regulation of neurite outgrowth (Hayakawa et al., 1999; Sung et al., 2001; Yoon et al., 2005; Zhang et al., 2005). Recycling endosomes, which are sorting station for recycling proteins such as transferrin receptor (TfR), play an important role in neurite outgrowth (Villarroel-Campos et al., 2014). Recycling endosomes exhibit tubular structures, which are characterized by the association of PA-binding proteins such as syndapin2 and MICAL-L1 (Giridharan et al., 2013) as well as Rab proteins (Kobayashi and Fukuda, 2013; Kobayashi et al., 2014; Etoh and Fukuda, 2019). We were therefore interested in whether DDHD1 and DDHD2, both of which exhibit PLA1 activity toward PA in vitro and in cells when ectopically expressed (Higgs and Glomset, 1994; Higgs et al., 1998; Nakajima et al., 2002; Yamashita et al., 2010; Inoue et al., 2012; Inloes et al., 2018), regulate neurite elongation. In the present study, we showed that DDHD1, but not DDHD2, negatively regulates neurite outgrowth. Depletion of DDHD1 caused an endosomal defect with abnormal protein recruitment to tubular recycling endosomes.



MATERIALS AND METHODS


Plasmid Construction and Virus Production

The pMRX-IRES-puro and pMRX-IRES−bsr vectors (Saitoh et al., 2003) were kindly provided by S. Yamaoka (Tokyo Medical and Dental University, Tokyo, Japan). The pMRX-IRES-puro-DEST-mCherry and pMRX-IRES-bsr-DEST-EGFP vectors (Imai et al., 2016) were generously provided by T. Yoshimori (Osaka University). mRFP-PASS and mRFP-PASS4E (Zhang et al., 2014) were generously provided by M. Frohman (Stony Brook University). For retroviral expression plasmids, cDNA coding siRNA-resistant DDHD1 (Baba et al., 2014) was amplified by PCR and inserted into the BamHI and EcoRI sites of pENTR1A using an In-Fusion® Advantage PCR Cloning Kit. DNA fragments of DDHD1 and DDHD1S537A in pENTR1A plasmids were transferred to the pMRX-IRES-puro-DEST-mCherry or pMRX-IRES-bsr-DEST-EGFP vector using an LR reaction, respectively. Expression plasmids for DDHD2-FLAG and DDHD2S351A-FLAG were described previously. Recombinant retroviruses were prepared as previously described (Maemoto et al., 2014). Plat-E cells were generously provided by T. Kitamura (Tokyo University) (Morita et al., 2000).



RNA Interference Experiment

siRNAs were purchased from Japan Bio Services. The siRNA targeting sequences used for SH-SY5Y or HeLa cells were as follows: Luciferase siRNA, CGTACGCGGAATACTTCGA; DDHD1 siRNA#2, AAGCCACATTAGAAGACAAGC; DDHD1 siRNA#5, AAGAGTTGCCTGATGAACGAT. DDHD2 siRNA#2, AAGAAAGAAGAUAUUAAACUA; and DDHD2 siRNA#3, AA GGAGAAAGUAGAUAAGGAA. The siRNA targeting sequences used for PC12 cells were as follows: Luciferase siRNA, CGTAC GCGGAATACTTCGA; and DDHD1 GGAGGAATGTTGTTC TCAA. Cells were transfected with siRNA at a final concentration of 100 nM using Lipofectamine RNAiMAX (Invitrogen) according to the manufacturer’s protocol, and cells were fixed and processed at 72 h after transfection.



Cell Culture and Retroviral Infection

SH-SY5Y and HeLa cells were cultured in Dulbecco’s modified Eagle’s medium (DMEM) supplemented with 10% fetal bovine serum (FBS) and penicillin/streptomycin. PC12 cells were maintained in Dulbecco’s modified Eagle’s medium (DMEM) supplemented with 10% FBS and 10% horse serum and penicillin/streptomycin. All cells were cultured at 37°C under humidified air containing 5% CO2. For retroviral infection, cells were treated with a virus solution for 24 h and then washed with medium.



Establishment of DDHD1 KO Cells

A pair of gRNA oligonucleotides for each targeting site was annealed and ligated to the BbsI-treated pSpCas9(BB)-2A-GFP (pX458) vector (Ran et al., 2013), and the sequences of the gRNAs were verified by sequencing analysis. To generate KO cell lines, the CRISPR design tool1 was used to identify gRNA sequences and the following sequence was used as the target gRNA: 5′- TGAGTCGAAACCATGTGGAC -3′. HeLa cells were transfected with the pX458 vector and one day after transfection, cells that highly expressed GFP with Cas9 were isolated by FACS (SH800, Sony) and cultured. The edited locus was amplified using primers (5′- CCCTATCCATTACTTGCTTCAC -3′ and 5′- CCTTGATGAACACATGTCAACTC -3′) and confirmed by Sanger sequencing.



Antibodies and Reagents

Monoclonal antibodies against DDHD1 (12D10) were raised previously (Baba et al., 2014). Polyclonal antibodies against syndapin2 and α-tubulin were obtained from Abgent and Sigma-Aldrich, respectively. Polyclonal antibodies against MICAL-L1 and Rab13 were purchased from Abcam. Monoclonal antibodies against MICAL-L1, EEA1, and TfR were obtained from Abnova, BD Transduction Laboratories, and Sigma-Aldrich, respectively. Alexa Fluor 488-conjugated goat anti-mouse antibodies and Alexa Fluor 594 goat anti-mouse antibodies were purchased from Invitrogen. The following reagents were used: NGF (Alomone Labs); RA, unlabeled-Tfn, deferoxamine, R59949, FITC-phalloidin and TRITC-phalloidin (Sigma-Aldrich); CAY1059 and CAY10594 (Cayman Chemical); Alexa488-Tfn and TRITC-Tfn (Thermo Fisher Scientific); and EGF (Invitrogen).



Immunofluorescence Analyses

Immunofluorescence images were analyzed as described previously (Inoue et al., 2012; Baba et al., 2013). An Olympus FluoView 1000 or FluoView 1200 laser scanning microscope was used for confocal microscopy. For immunostaining, cells were fixed with 4% paraformaldehyde for 20 min and then permeabilized with 50 ng/ml digitonin for 10 min. After 30 min blocking with 2% bovine serum albumin/PBS for 30 min, the cells were subjected to primary antibodies for 1 h followed by secondary antibodies for 1 h. After washing with PBS, the cells were mounted on a slide glass with a mounting solution (100 mM Tris–HCl, pH 8.5, 25% (w/v) glycerol, 10% (w/v) Mowiol 4-48).



Stimuli for Neurite Outgrowth

For SH-SY5Y cells, cells were incubated with 10 μM RA in DMEM supplemented with 2% FBS for 72 h at 37°C after each treatment. At 72 h after siRNA transfection, PC12 cells were stimulated with 100 nM NGF in DMEM supplemented with 1% FBS and 0.1 mM L-glutamine.



Analysis of Neurite Length

Signals for FITC-phalloidin, TRITC-phalloidin or mCherry were obtained by confocal microscopy visualized and analyzed with ImageJ software. The average length of longest neurite in each cell was determined between experiments. The results are expressed as means and standard deviation (SD) for at least three independent experiments. Statistically significant differences were determined using Tukey multiple comparison tests or Student’s t test as appropriate. Differences were considered significant if P < 0.05.



Tfn Recycling Assay

Cells were split and starved with serum-free DMEM for 2 h and then incubated with 5 μg/ml Alexa488-Tfn for 1 h. Uptake was stopped with acid wash buffer (50 mM MES and 150 mM NaCl, pH 5.5) to remove cell surface Tfn, and the cells were then incubated with DMEM containing 100 μg/ml label-free Tfn and 100 μM deferoxamine for the indicated times. To stop the recycling, the cells were chilled on ice and washed with ice-cold acid wash buffer. The cells were then fixed with 4% paraformaldehyde in PBS for 20 min.



EGF Receptor-Degradation Assay

The EGF degradation analysis was described previously (Maemoto et al., 2014), Briefly, one day after HeLa cells had been seeded, the cells were serum-starved for 3 h and then stimulated with 100 ng/ml EGF at 37°C for the indicated times. The cells were harvested with Laemmli sample buffer. The intensity of immunoreactive signals was quantified with ImageJ.




RESULTS


DDHD1 Negatively Regulates Neurite Outgrowth

Previous studies revealed that PA on the recycling endosomes forms a microdomain (Giridharan et al., 2013; Bahl et al., 2016; Henmi et al., 2016) and that a PA-binding protein is necessary for neurite outgrowth (Kobayashi and Fukuda, 2013; Kobayashi et al., 2014). Since DDHD1 is highly expressed in neuronal cells, we examined the effect of DDHD1 depletion on neurite outgrowth in neuronal cells. At 72 h after siRNA treatment of human neuroblastoma SH-SY5Y cells, neurite outgrowth was induced with RA. Western blot analysis verified substantial reductions in the level of DDHD1 by two different siRNAs (DDHD1#2 and #5) (Figure 1A). Upon DDHD1 depletion, neurite tubules appeared to be elongated and branched (Figure 1B). We determined the length of the longest neurite extending from a cell, and found that the enhancement of neurite outgrowth and of the number of branches by DDHD1 depletion was statistically significant (Figures 1C,D). To exclude the possibility of off-target effects and to determine whether the phospholipase activity of DDHD1 plays a role in neurite outgrowth, siRNA-resistant mCherry-DDHD1 wild-type and enzymatic inactive mCherry-DDHD1S537A, in which catalytic residue Ser537 was replaced by Ala, were expressed by infection with recombinant viruses encoding the proteins (Baba et al., 2014). Judging from the mCherry fluorescence intensity, the expression level of mCherry-DDHD1 wild-type may be lower than that of the mutant. Nevertheless, neurite lengthening and branching was suppressed by the wild-type protein, but not the mutant protein (Figures 1E–G). DDHD1 depletion and rescue experiments involving rat pheochromocytoma PC12 cells which had been stimulated with NGF gave similar results (Supplementary Figure S1). These results suggest that the enzymatic activity toward PA could negatively regulate neurite outgrowth. We performed neurite elongation assays using DDHD2-depleted cells. Contrary to that of DDHD1, depletion of DDHD2 suppressed neurite outgrowth (Supplementary Figures S2A,B), which was reversed by expression of wild-type DDHD2, but not enzymatically inactive DDHD2S351A (Supplementary Figures S2C,D). In addition, this suppression was reversed by N-acetylcysteine, a ROS scavenger (Supplementary Figures S2E,F), which is consistent with our previous finding that depletion of DDHD2 promotes ROS production and cell apoptosis (Maruyama et al., 2018).
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FIGURE 1. Knockdown of DDHD1 induces enhanced neurite outgrowth in SH-SY5Y cells. (A) SH-SY5Y cells treated with luciferase siRNA (control siRNA), DDHD1 siRNA#2, or DDHD1 siRNA#5 were analyzed by Western blotting with the indicated antibodies. (B) At 72 h after siRNA transfection, SH-SY5Y cells were subjected to RA treatment for 72 h to induce neurite outgrowth. The cells were fixed and stained with TRITC-phalloidin. Scale bars, 50 μm. (C,D) Quantification of the data in (B). The graph shows the average length of the longest neurite tubule (C) and the number of neurite branches (D) in each cell. (E) SH-SY5Y cells were treated with DDHD1 siRNA#5 or control siRNA for 48 h, and then infected with the indicated retroviruses. At 24 h after infection, the cells were treated with RA for 72 h. The fluorescent signals for FITC-phalloidin, mCherry and merged image are shown. Scale bars, 50 μm. (F,G) Quantification of the data in (E). The average length of the longest neurite tubule (F) and the number of neurite branches (G) in each cell was measured and is shown in the graph. At least 50 cells were measured in each experiment. Statistic values are expressed as means for three independent experiments ± S.D. *p < 0.05; **p < 0.01; ***p < 0.001 (Tukey test).


Given that DDHD1, when ectopically expressed, exhibits PLA1 activity toward PI as well as PA in vitro and in cells (Yamashita et al., 2010; Inoue et al., 2012), the DDHD1 depletion effect on neurite outgrowth may not be attributable to PA turnover. To determine whether or not the amount of PA affects neurite outgrowth, SH-SY5Y cells were treated with a DAG kinase inhibitor (R59949) and PLD inhibitors (CAY10593 and 10594), both of which are supposed to inhibit PA production (Supplementary Figure S3A). The average neurite length of control cells was significantly greater than that of cells treated with a DAG kinase inhibitor or PLD inhibitors (Supplementary Figures S3B,C), consistent with our notion that PA upregulation by DDHD1 depletion enhances the neurite outgrowth.



DDHD1 Knockdown Affects Endosomal Structure

To explore the function of DDHD1 in endosomes in neuronal cells, we first observed the morphology of early endosomes (visualized with an early endosomal marker, EEA1) in DDHD1-depleted SH-SY5Y cells. On immunofluorescence microscopy, enlarged early endosomes with an increase in their number were detected in DDHD1-depleted cells compared to in control wild-type cells (Figure 2A). The quantitative analysis confirmed this notion (Figures 2B,C). Manders’ colocalization analysis revealed enhanced colocalization of EEA1 and a recycling/early endosome marker, TfR (Figure 2D), suggesting the merging of early and recycling endosomes in DDHD1-depleted cells. This idea was supported by the finding that Rab13, a marker for recycling endosomes/trans-Golgi network (Nokes et al., 2008), is colocalized with EEA1 in DDHD1-depleted cells (Supplementary Figure S4), disfavoring the possibility that cargo (TfR) is selectively retained in early endosomes as a result of DDHD1 depletion.
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FIGURE 2. Effects of DDHD1 knockdown on endosomal morphology in SH-SY5Y cells. (A) SH-SY5Y cells were treated with the indicated siRNAs for 72 h, and then stained with antibodies against EEA1 and TfR. Higher magnification views of the boxed areas are shown in the inset. Scale bars, 10 μm; inset, 2 μm. (B,C) Quantification of the data in panel (A). The average area (B) and number (C) of early endosomes in each cell were measured under each condition. (D) Manders’ colocalization analysis of the data in panel (A). (E) SH-SY5Y cells were treated with DDHD1 siRNA#5 or control siRNA for 48 h, and then infected with the indicated retroviruses. At 24 h after infection, the cells were fixed and stained with an antibody against EEA1. Scale bars, 10 μm; inset, 2 μm. (F,G) Quantification of the data in panel (E). The average area (F) and number (G) of early endosomes in each cell were calculated. At least 30 cells were examined in each experiment. Values are expressed as means for three independent experiments ± S.D. *p < 0.05; **p < 0.01; ***p < 0.001 (Tukey test).


Next, we performed knockdown rescue experiments. At 48 h after siRNA treatment, cells were infected with retrovirus for the expression of mCherry, mCherry-DDHD1 wild-type, and mCherry-DDHD1S537A. Expression of mCherry-DDHD1 wild-type reversed the enlargement and increased average number of early endosomes caused by siRNA, but the PLA1-inactive mutant or mCherry could not (Figures 2E–G). As a control, we depleted DDHD2 and found that DDHD2 depletion did not affect the endosomal structure (Supplementary Figure S5), consistent with the finding that DDHD2 depletion did not induce neurite growth, but rather inhibited it (Supplementary Figure S2).



Depletion of DDHD1 Enhances the Localization of PA-Binding Proteins on Recycling Endosomes

To gain an insight into the mechanism of neurite outgrowth, we focused on a PA-binding-proteins, MICAL-L1, which is involved in neurite outgrowth through its association with a PA-rich domain on recycling endosomes (Kobayashi et al., 2014), and syndapin2. After NGF stimulation of PC12 cells, Rab35, MICAL-L1, Rab8, and ACAP2 are sequentially recruited to recycling endosomes, and this process is important for neurite outgrowth (Kobayashi and Fukuda, 2013). The recruitment of MICAL-L1 and syndapin2 to PA-enriched endosomes is important for tubular recycling endosome biogenesis (Giridharan et al., 2013). We first examined the localization of syndapin2 in DDHD1 KO HeLa cells. DDHD1 KO was confirmed by DNA sequencing (Supplementary Figures S6A,B) and Western blotting (Supplementary Figure S6C). Enlarged early endosomes were observed in DDHD1 KO HeLa cells (Supplementary Figure S6D), like those observed in DDHD1 knockdown SH-SY5Y cells (Figure 2). Immunofluorescent analysis of syndapin2 revealed that the percentage of cells that possess syndapin2-positive tubular recycling endosomes was increased in DDHD1 KO HeLa cells compared to in control cells (Figures 3A,C). These increased syndapin2-positive structures were found to be colocalized with a PA-sensor, mRFP-PASS, but not mRFP-PASS 4E, a mutant version of PASS (Zhang et al., 2014) that does not bind PA (Figure 3D). This result suggests that DDHD1 ablation causes a local increase in PA-level on endosomes, which in turn promotes the formation of syndapin2-positive structures. Expression of wild-type DDHD1 suppressed tubulation of syndapin2-positive recycling endosomes, whereas that of DDHD1S537A did not (Figures 3B,C), corroborating that the phospholipase activity of DDHD1 is responsible for the suppression of syndapin2-tubulation. Similar expression levels of mCherry-DDHD1 wild-type, DDHD1S537A, and endogenous DDHD1 were confirmed by Western blotting (Figure 3E).
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FIGURE 3. Effect of DDHD1 KO on syndapin2-positive recycling tubules in HeLa cells. (A,B) HeLa cells and DDHD1 KO HeLa cells (A), and DDHD1 KO HeLa cells-2 stably expressing mCherry, mCherry-DDHD1, or mCherry-DDHD1S537A (B) were fixed and stained with anti-syndapin2 antibody. Higher magnification views of the boxed areas are shown in the inset. Scale bars, 10 μm; inset, 5 μm. (C) Quantification of the data in panels (A,B). The percentages of cells containing syndapin2-positive tubules of over 3 μm are shown in the graph. At least 50 cells were examined in each experiment. ***p < 0.01 (Tukey test). (D) Expression level of endogenous DDHD1 in HeLa cells, mCherry-DDHD1, and mCherry-DDHD1S537A in DDHD1 KO HeLa cells were analyzed by Western blotting with the indicated antibodies. (E) HeLa cells and DDHD1 KO HeLa cells were transfected with plasmid for mRFP-PASS or mRFP-PASS 4E. At 24 h after transfection, cells were stained with anti-syndapin2 antibody. Higher magnification views of the boxed areas are shown in the inset. Scale bars, 10 μm; inset, 5 μm.


Endosome enlargement (Supplementary Figure S7B) and MICAL-L1-positive tubule formation (Supplementary Figures S7C,D) were also observed in HeLa cells whose DDHD1 was knocked down using the same siRNA as that used for SH-SY5Y (Supplementary Figure S7A). Expression of mCherry-DDHD1 wild-type, but not mCherry-DDHD1S537A, suppressed tubulation of MICAL-L1-positive tubular structures (Supplementary Figures S7E,F).



Depletion of DDHD1 Enhances the Recycling of Tfn to the Cell Surface

It has been reported that depletion of PA inhibits Tfn recycling to the cell surface (Giridharan et al., 2013). If PA accumulates on recycling endosomes and thereby stabilizes their tubular structure upon DDHD1 ablation, the rate of Tfn recycling could be affected. To examine this possibility, Tfn recycling assay was performed using DDHD1 KO HeLa cells. The fluorescent intensities of Alexa488-Tfn of DDHD1 KO cells were lower than those of control wild-type cells at 5, 10, and 15 min after the initiation of recycling (Figures 4A,B). To understand the importance of the enzymatic activity of DDHD1 for recycling, we performed recycling assay using DDHD1 KO HeLa cells expressing mCherry, mCherry-DDHD1 wild-type, or mCherry-DDHD1S537A. The enhanced rate of Tfn release by DDHD1 KO HeLa cells was suppressed by the expression of mCherry-DDHD1 wild-type at any time investigated, whereas no such effect was seen for mCherry-DDHD1S537A (Figures 4C,D). No significant effect on TfR recycling was observed when DDHD2 was knocked out (Supplementary Figure S8). The effect of DDHD1 depletion appeared to be only on the recycling process because the rate of EGF receptor downregulation was indistinguishable between control wild-type HeLa cells and DDHD1 KO cells (Supplementary Figure S9).


[image: image]

FIGURE 4. Effects of DDHD1 activity on Tfn recycling in HeLa cells. (A,C) Wild-type or DDHD1 KO HeLa cells (A) or DDHD1 KO HeLa cells expressing mCherry, mCherry-DDHD1, or mCherry-DDHD1S537A (C) were subjected to Alexa488-Tfn recycling assay for the indicated times as described under Experimental Procedures. Scale bars, 10 μm. (B,D) the percentages of remaining Alexa488-Tfn signals compared to the fluorescent signals at 0 min are shown in the graph. Values are expressed as means for three independent experiments ± S.D. *p < 0.05; **p < 0.01; (Tukey test).




Depletion of DDHD1 Enhances MICAL-L1 Recruitment to Recycling Endosomes in PC12 Cells

As reported, Rab35 and MICAL-L1 were recruited to recycling endosomes on NGF treatment in PC12 cells. At 1 and 6 h after NGF stimulation, the intensity of the MICAL-L1 fluorescent signal on TfR positive-recycling endosomes was higher in DDHD1 knockdown cells than that in control cells (Figures 5A,B). These results imply that knockdown of DDHD1 accelerates the recruitment of MICAL-L1 and perhaps membrane supply to the neurite ends.


[image: image]

FIGURE 5. Enhancement of MICAL-L1 recruitment to the recycling endosomes by rDDHD1 knockdown in PC12 cells. (A) At 72 h after siRNA treatment, PC12 cells were stimulated with NGF for the indicated times. The cells were fixed and stained with antibodies against TfR and MICAL-L1. Scale bars, 10 μm. (B) MICAL-L1 signals on recycling/early endosomes (RE) visualized with anti-TfR antibodies were calculated for each period and are shown in the graph. At least 100 cells were examined in each experiment. Values are expressed as means for four independent experiments ± S.D *p < 0.05 (Student’s t test).





DISCUSSION

Phosphatidic acid with a cone-shaped geometry is thought to induce membrane curvature and thereby participate in membrane remodeling (Mukherjee and Maxfield, 2000; McMahon and Gallop, 2005; Antonescu et al., 2010). PA also forms microdomains in organelles including endosomes and recruits certain proteins (Tanguy et al., 2019). In neuronal cells, PA has been reported to be involved in neurite outgrowth by recruiting PA-binding proteins such as MICAL-L1, followed by EHD1 recruitment, to endosomes (Kobayashi and Fukuda, 2013), where EHD1 likely carries out scission to facilitate vesicle transport and recycling to the plasma membrane (Giridharan et al., 2013). Although the role of PA-forming enzymes such as PLD in neurite outgrowth has been extensively studied (Hayakawa et al., 1999; Kanaho et al., 2009), the function of PA-degrading enzymes in this process remains unknown. In this study, we demonstrated that DDHD1, an HSP-related protein that exhibits PLA1 activity toward PA (Higgs and Glomset, 1994; Higgs et al., 1998; Yamashita et al., 2010; Inloes et al., 2018) and is highly expressed in the brain (Higgs et al., 1998; Baba et al., 2014), regulates neurite outgrowth.

Depletion of DDHD1 enhanced neurite outgrowth in SH-SY5Y cells (Figure 1) and PC12 cells (Supplementary Figure S1). Rescue experiments showed that the enzymatic activity of DDHD1 is responsible for the suppression of neurite outgrowth. DDHD1-depleted cells exhibited enlarged endosomes (Figure 2 and Supplementary Figure S6D) with elongated syndapin2- and MICAL-L1-positive structures (Figure 3 and Supplementary Figure S7). Tfn recycling assay demonstrated that the rate of recycling to the plasma membrane was significantly increased in DDHD1-depleted HeLa and MEF cells (Figure 4 and Supplementary Figure S8). The correlation between enhanced neurite outgrowth and endosomal recycling is consistent with the idea that the tubulovesicular recycling endosomes travel toward the cell periphery in neurites to act as a membrane source (Prekeris et al., 1999).

Based on lipidomic analysis of DDHD1 knockout mice, Inloes et al. suggested that DDHD1 is a primary PI lipase in the brain; no significant change in the PA level was observed in knockout mice (Inloes et al., 2018). In our previous study, however, we demonstrated using a PA sensor that DDHD1 ablation induced an increase in the PA level in a microdomain on the mitochondrial surface, although the total amount of PA did not change (Baba et al., 2014). In the present study we demonstrated that enlarged recycling endosomes are enriched in PA, as revealed by another PA sensor (Figure 3D), suggesting that an increase in the PA level in a microdomain on recycling endosomes. Our previous results combined with the present observation that inhibition of PLD and DAG kinase by specific inhibitors suppressed neurite outgrowth (Supplementary Figure S3) may suggest that the activity of DDHD1 toward PA is responsible for neurite outgrowth suppression. However, the increase in the PA level concomitant with DDHD1 ablation in the mouse brain might be under the detection limit of mass spectrometric analysis. Unfortunately, as PI sensors are not available, we cannot exclude the possibility that DDHD1 may regulate neurite outgrowth by metabolizing PI in a microdomain on recycling endosomes.

DDHD1 is principally localized to the cytosol (Higgs et al., 1998; Yamashita et al., 2010; Baba et al., 2014) and, unlike other PLA1 family members, has no ability to bind to phospholipids including PA (Inoue et al., 2012). At present it is not clear how DDHD1 associates with endosomes and performs its action. One possibility is that it gets into contact with endosomes through diffusion and then immediately dissociates after completion of the enzymatic action. Alternatively, endosomal protein(s) may assist the binding of DDHD1 to endosomes. Even in the latter case, their affinity for DDHD1 may be very low, given the predominantly cytosolic localization of DDHD1.

Recent studies have revealed that mutations in the PA-PLA1/DDHD1 gene cause HSP (Tesson et al., 2012) and amyotrophic lateral sclerosis (Wu and Fan, 2016). Lipin 1 metabolizes PA, and its mutations in mice (Nadra et al., 2008; Douglas et al., 2009) and rats (Mul et al., 2011) induce hind limb paralysis, a typical symptom of HSP. However, no SPG phenotype was seen in DDHD1 KO mice (Baba et al., 2014). This may be consistent with our present observation that DDHD1 depletion in cultured neuronal cells neither caused cell death nor inhibited neurite outgrowth, but rather enhanced neurite outgrowth. The present observation might predict the elongation of axons in DDHD1 knockout mice, but this was found not to be the case (data not shown). This is likely due to the fact that in vivo axonal elongation is regulated by many other factors other than the PA level in recycling endosomes such as axon elongation stimulators and inhibitors. However, as DDHD1 expression was found to be suppressed in embryos and expressed on postnatal day 8 (data not shown), the time when striking development of the brain’s fiber tracts as well as remodeling of cortical and subcortical structure occurs, DDHD1 may have some functions in brain development, especially in humans in which its mutation causes HSP (Tesson et al., 2012).

In contrast to DDHD1, DDHD2 KO mice exhibited a typical HSP phenotype, including age-dependent apoptosis of motor neurons in the spinal cord (Maruyama et al., 2018). DDHD2 depletion was found to not inhibit neurite outgrowth or enhance the recycling pathway (Supplementary Figures S2, S8). Therefore, although DDHD1 and DDHD2 exhibit PLA1 activity toward PA in vitro (Higgs and Glomset, 1994; Higgs et al., 1998; Yamashita et al., 2010; Inloes et al., 2018), these physiological roles are different.



CONCLUSION

In conclusion, our data point to a novel role for DDHD1 as a suppressor of neurite outgrowth in cultured neuronal cells. DDHD1 regulates neurite outgrowth by regulating the PA level in a microdomain on recycling endosomes.
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Growth resumption from stationary phase in Saccharomyces cerevisiae, is characterized by lipid droplet (LD) consumption and channeling of lipid precursors toward synthesis of membranes. We have previously determined that triacylglycerol lipolysis contributes to a pool of diacylglycerol (DAG) associated with the yeast vacuole that is enriched in structures that are in close proximity to LDs. In this study we have monitored these structures using a DAG sensor fused to GFP during isolation of LDs. A unique fraction containing the DAG sensor, with low presence of LDs, was identified. Membranes enriched in the DAG probe were obtained by immunoaffinity purification using a GFP nanobody, and the associated proteome was investigated by mass spectrometry. It was determined this LD-associated fraction was enriched in proteins known to shape the tubular endoplasmic reticulum (ER) like Yop1, Sey1, Rtn1, and Rtn2. Consistently, cells lacking three of these proteins (rtn1Δ rtn2Δ yop1Δ) exhibited delayed LD consumption, larger LDs and abnormal LD distribution. In addition, the triple mutant displayed aberrant localization of the DAG sensor after 5 h of growth resumption from stationary phase. Manipulation of DAG levels by overexpression of the DAG kinase Dgk1, impacted localization of the DAG probe and affected fitness of the triple mutant. Altogether these results link LD consumption to tubular ER expansion as a gateway of lipid precursors that otherwise accumulate in vacuolar associated membranes or other internal compartments. Furthermore, conversion of DAG to phosphatidic acid (PA) in the absence of a functional tubular ER was toxic to cells, suggesting the ratio of PA to DAG is critical to allow growth progression.

Keywords: diacylglycerol, budding yeast, lipid droplet, tubular ER, growth resumption


INTRODUCTION

Typical growth of yeast with glucose as carbon source, is initiated with a temporary lag phase where cells reprogram their metabolism to start proliferation (Granot and Snyder, 1991, 1993). Mobilization of the neutral lipids triacylglycerols (TAGs) and sterol esters (SEs) dominates during the metabolic switch triggered by glucose. This allows cells to resume proliferation, as it provides precursors such as ergosterol, fatty acids, and diacylglycerol (DAG) for membrane lipid synthesis, which are required for secretory traffic and plasma membrane (PM) expansion (Zinser et al., 1991; Kearns et al., 1997; Zanghellini et al., 2008; Rajakumari et al., 2010; Markgraf et al., 2014; Ouahoud et al., 2018). DAG can be converted to phosphatidic acid (PA) by the action of the sole yeast DAG kinase Dgk1 (Han et al., 2008) which plays a critical role during growth re-entry from stationary phase (Fakas et al., 2011a). A balance in PA to DAG ratio regulates membrane proliferation through the Opi1 circuit which controls the expression of key enzymes in glycerolipid biosynthetic pathways mostly localized to the endoplasmic reticulum (ER; Henry et al., 2012). When cells enter stationary phase the conversion of PA to DAG by the PA phosphatase Pah1 controls TAG synthesis and lipid droplet (LDs) biogenesis (Han et al., 2006; Adeyo et al., 2011; Fakas et al., 2011b). The PA to DAG ratio also impacts other cellular processes like yeast vacuolar fusion (Sasser et al., 2012; Miner et al., 2017; Starr et al., 2019) and sporulation (Rudge et al., 1998, 2004; Liu et al., 2007).

Diacylglycerol is a key signaling lipid and intermediate in lipid metabolism. DAG is a minor component of eukaryotic membranes with lipidomic studies of wild type yeast grown in standard defined medium conditions indicating is present at 4–6 mol% of total lipids (Ejsing et al., 2009; Klose et al., 2012). Our knowledge of DAG distribution and dynamics in cell membranes is limited. DAG has the ability to spontaneously translocate bilayers on a much faster timescale than phospholipids (Bennett and Tieleman, 2012), making it challenging to be monitored with subcellular fractionation approaches, as the lipid may shift localization upon cell lysis. Therefore, investigations aimed at understanding DAG spatiotemporal distribution have taken advantage of genetically encoded chimeric constructs coupled with fluorescence microscopy. DAG−binding tandem C1 domains of several proteins including protein kinases C and D (PKC and PKD) specifically bind DAG with high affinity (Codazzi et al., 2001; Baron and Malhotra, 2002; Wang et al., 2003; Stahelin et al., 2004, 2005; Ohashi et al., 2009; Sánchez-Bautista et al., 2009). These C1 domains fused to fluorescent proteins have been widely used to monitor DAG distribution in mammalian cells and their use to monitor DAG pools in live budding yeast has been validated in recent years (Ganesan et al., 2016, 2018; Choudhary et al., 2018; Joshi et al., 2018; Romanauska and Köhler, 2018). Our group has focused on the study of cytosolic DAG pools, which display very dynamic changes during growth resumption of yeast cells from stationary phase, when LDs are consumed (Ganesan et al., 2016, 2018). Two main pools were monitored over time using DAG sensors. One pool was associated with vacuolar membranes and the other localized to sites of polarized growth. Dynamic changes in DAG distribution were observed during resumption of growth from stationary phase, when DAG is used to support phospholipid synthesis for membrane proliferation (Fakas et al., 2011a). Vacuolar membranes experienced constant morphological changes displaying DAG enriched microdomains coexisting with liquid-disordered areas. Surprisingly, the probe was hardly detected in the ER where lipid metabolic pathways consuming DAG reside. Instead, different DAG-rich structures were detected as puncta in the cytosol or in close proximity to LDs associated with vacuolar membranes (Ganesan et al., 2018). In fact, some of these structures co-purified with LDs but were not conventional LDs (Ganesan et al., 2018).

In this study we aimed to further characterize DAG-rich compartments abundant in yeast re-entering growth from stationary phase. A unique fraction, positive for the DAG sensor, with low presence of LDs was identified during LD purification steps. Membranes enriched in the DAG probe were then obtained by immunoaffinity isolation, and the associated proteome was investigated by mass spectrometry (MS). Indeed, the ER emerged as a critical compartment associated with DAG-positive membranes, with relevance for tubular ER and ER contact sites proteins being highly enriched. Evidence is presented supporting a link between DAG and tubular ER expansion during growth resumption, which acts as a gateway of lipid precursors reaching a lipid metabolic hub that supports synthesis of all lipid classes for membrane proliferation.



MATERIALS AND METHODS


Materials

Growth medium components were purchased from MP Biomedicals. Zymolyase 100T (Cat# 120491–1) and Ficoll PM400 (Cat# 17–0300–10) were purchased from Amsbio and GE Healthcare, respectively. Nile red (ThermoFisher Cat# N1124) was diluted in DMSO as a 1 mg/ml stock. Cerulenin (Sigma # C2389) was prepared in ethanol as a 1 mg/ml stock.



Growth Conditions, Plasmid, and Strains

Yeast strains were grown in synthetic defined minimal medium (SD: 0.67% yeast nitrogen base without amino acids, 2% glucose). Amino acids and bases were supplemented based on the yeast strain requirements. Agar (2%) was added for solid plates. Unless indicated, yeast cultures were grown at 30°C with shaking (200 rpm). Standard lithium acetate transformation protocol (Guthrie and Fink, 1991) was used and cells carrying plasmids of interest were grown on selective media. Unless otherwise indicated, for growth resumption from stationary phase, cells were grown for 48 h in defined medium, pelleted and resuspended at A600∼0.2–0.4 in fresh defined medium and cultured at 30°C with shaking (200 rpm) for the indicated periods of time. Cerulenin (10 μg/ml) or ethanol (0.01%) was added to wild type or rtn1Δ rtn2Δ yop1Δ cells at time 0 of growth resumption.

Detailed information on yeast strains and plasmids used in this study is provided in Table 1. The VPH1-mCherry::LEU2 sequence was introduced in the indicated strains as described previously (Ganesan et al., 2018).


TABLE 1. List of strains and plasmids used in this study.
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Growth Assay

For growth curves, the A600 of the cultures was monitored with a Thermo ScientificTM GENESYSTM 30 Visible Spectrophotometer. For growth assays on solid medium, cells were grown as described above for growth resumption phase and serially diluted 1:10 beginning with A600∼0.5. Cells were spotted on plates containing respective synthetic defined media with either 2% glucose or galactose using a bolt replicator, and incubated at 30°C for 3 days.



Yeast Lipid Droplet Purification and Subphase Isolation

Lipid droplets were purified as previously described (Athenstaedt, 2010) with some modifications. Briefly, yeast cells expressing the DAG sensor C1δ-GFP from a plasmid and Erg6-RFP at endogenous levels were grown for 24 h in selective drop-out media. Cultures were then diluted and allowed to grow into early stationary phase for an additional 24 h. Cells were collected without resuspension in fresh medium for stationary phase samples or resuspended in fresh medium for additional 45 min to allow growth re-entry for growth resumption phase samples. Cells were collected, washed once with water and the wet weight was determined. Cells (approximately 10 g of cell wet weight) were shaken for 10 min at 30°C in 0.1 M Tris/H2SO4 buffer (pH 9.4) containing 10 mM DTT (freshly added) and then washed with 1.2 M sorbitol in 20 mM KH2PO4 (pH 7.4). Zymolyase 100T (0.4 mg per gram cell wet weight) was added to obtain spheroplasts (Daum et al., 1982). Spheroplasts were washed twice with 1.2 M sorbitol in 20 mM KH2PO4 (pH 7.4) prior to homogenization. The washed spheroplasts were resuspended in buffer A [10 mM MES-Tris (pH 6.9) 12% (w/w) Ficoll 400–0.2 mM EDTA, 1 mM PMSF 1.5 μg/ml pepstatin and 1 × Complete EDTA-free protease inhibitor mixture] to a final concentration of 0.5 g per cell wet weight per ml. Spheroplasts were then homogenized with a Dounce homogenizer by applying 20–30 strokes using a loose fitting pistil, followed by a centrifugation at 5,000 g for 5 min at 4°C. The resulting supernatant (∼5 ml) was transferred into a ultracentrifugation tube and overlaid with an equal volume of buffer A, and centrifuged for 60 min in a swing-out rotor (SW40Ti) at 100,000 g at 4°C (Beckman Coulter OptimaTM L–100K). After, a white floating layer was collected from the top of the gradient and resuspended very gently in buffer A by using a homogenizer and a loose-fitting pistil. The suspension was again transferred into a ultracentrifugation tube, overlaid with buffer B [10 mM MES-Tris (pH 6.9) 8% (w/w) Ficoll 400–0.2 mM EDTA] and centrifuged for 30 min at 100,000 g (4°C). After the second overlay and centrifugation, tubes were allowed to rest for 30 min, and the white floating layer containing LDs was removed and suspended in buffer containing 8% (w/w) Ficoll 400/0.6 M sorbitol and overlaid with buffer containing 0.25 M sorbitol only. After 30 min of centrifugation at 100,000 g, a final white floating layer was collected containing highly purified LDs. The purified LDs were homogenized with 20 strokes using a Dounce homogenizer. A fraction corresponding to the bottom of the last gradient containing the final pellet (∼0.4 ml) was also collected.

After the second ultracentrifugation and removal of the top white layer, a subphase laying beneath became visible to the naked eye and was also collected (∼0.4 ml). Microscopy inspection indicated it was enriched in GFP over RFP signal. This subphase was subsequently used for C1δ-GFP membrane enrichment and proteomic analysis. The same protocol was used to isolate subphase fractions from growth resumption and stationary phase in cells expressing the C1δ-GFP plasmid and endogenously tagged Sey1-TAP or Yop1-TAP.



Detergent-Free Immuno-Isolation of Membranes Enriched in C1δ-GFP and Mass Spectrometry Analysis

The subphase obtained above was split in two, diluted (1 ml final volume) with 1xTNE buffer containing protease inhibitors [50 mM Tris–HCl, pH 7.4, containing 150 mM NaCl, 5 mM EDTA, Complete EDTA-free protease inhibitor mixture (Roche Applied Science Cat # 5892791001), 1 mM PMSF, and 3 μg/ml pepstatin] and incubated with equilibrated agarose-beads (Biolynx Cat#VECTAG1000) or GFP-Trap (Chromotek Cat# gta-20 GFP-Trap® _A) for 1 h at 4°C according to manufacturer’s indications. Beads were washed six times at 4°C with 1.0 ml sterile 1x phosphate buffered saline (PBS). All spins during the affinity isolation steps were done in a benchtop microfuge at 16,000 RCF for 30 s at 4°C to pellet the beads. Nitrile gloves and Milli-Q filtered ultrapure water were used for the immunoaffinity purification destined for MS analysis to avoid contamination with keratin. Beads were then resuspended in 40 μL of 2x gel loading buffer [GLB, 0.2 M Tris–HCl (pH 6.8), 8% SDS, 0.4% bromophenol blue, and 40% glycerol]. Samples were boiled for 10 min to elute bound proteins and were prepared for MS analysis by loading them onto a 1.0 mm, 10% SDS-PAGE gel and run just until the entire sample had entered into the resolving gel. A small square (∼1 mm3) of resolving gel was sliced using a razor blade. In-gel trypsin digestion and peptide analysis was performed by the Southern Alberta MS Centre at the University of Calgary. The tryptic peptides were analyzed by liquid chromatography (LC; Agilent 1260 Infinity chip cube interface) tandem mass spectrometry (MS/MS) on an Agilent 6550 iFunnel quadrupole – time-of-flight (Q-TOF) mass spectrometer. The LC and the Q-TOF were both controlled by MassHunter (version B.05.00). Tandem mass spectra were extracted by Agilent MassHunter qualitative analysis software (version B.05.00) and converted into a Mascot Generic Format file using the default parameters. For data extraction, a peptidic isotopic model with a maximum charge state of 6 was used. All MS/MS samples were analyzed using Mascot (Matrix Science, London, United Kingdom; version 2.4.0). Mascot was set up to search the NCBInr_20150121 database (selected for Saccharomyces cerevisiae, 50256 entries) assuming the digestion enzyme trypsin. Mascot was searched with a fragment ion mass tolerance of 0.20 Da and a parent ion tolerance of 20 PPM. Scaffold (version Scaffold_4.4.4, Proteome Software Inc., Portland, OR) was used to validate MS/MS based peptide and protein identifications.



Microscopy

Unless otherwise indicated, all cells were mounted on 2% agarose pads made in respective growth medium on the microscopy slides. Images were acquired with a Zeiss Axio Imager Z2 upright epifluorescence microscope. ZEISS Zen blue imaging software and Zeiss plan Apochromat 100x/1.4 oil immersion objective lens were used for image acquisition. Fourteen z-stacks (0.4 μm) were routinely acquired and deconvolved using the constrained iterative algorithm available in the Zen software. Colibri 7 LED light and 90 High Efficiency filter sets were used for excitation of GFP and mCherry/RFP. For GFP signal, samples were excited at 470/40 nm, and emission range was set at 525/50 nm while for mCherry/RFP signal, samples were excited at 555/30 nm, and emission range was set at 592/25 nm. For simultaneous detection of Nile Red and GFP, imaging was performed using a Leica SP5 confocal microscope and a Leica HCX 63 × 1.4 NA objective. Nile Red and GFP were excited at 488 nm and GFP and Nile Red fluorescence emission was detected between 500–515 nm and 560–590 nm, respectively. All fluorescence microscopy images shown represent mid-section images.



Nile Red Staining

Lipid droplet staining with Nile Red was performed as described previously (Wolinski and Kohlwein, 2008). In short, cells (A600 = 1) were collected, pelleted, and incubated with Nile Red at a final concentration of 1 μg/ml for 20 min at room temperature. Cells were then washed three times in respective growth media and imaged immediately. For stationary phase culture staining, cells were pelleted following incubation and imaged without washing to prevent growth resumption in these cells. To ensure continuous labeling, Nile Red was added at a final concentration of 1 μg/ml to the 2% agarose pads made in respective growth medium.



Western Blot Analysis

Protein concentration was determined using the BCA assay (Thermo Scientific) with bovine serum albumin as a standard. Samples were resuspended in 1x GLB and boiled for 1 min. SDS-PAGE was carried out by the method of Laemmli (1970). Proteins were separated by 8% or 12% resolving gel containing trichloroethanol (TCE, Sigma) to visualize proteins (Ladner et al., 2004). Proteins were transferred to a polyvinylidene fluoride (PVDF) membrane (Millipore) using a Bio-Rad transfer system at 100 V for 1 h, and then stained with red Ponceau (Sigma) to confirm transfer. For western blot analysis, the following antibodies were used: monoclonal anti-GFP (Roche), monoclonal anti-Dpm1 and anti-Vma2 (Invitrogen, Thermo Fisher) as well as polyclonal antibodies raised against Pma1 and Erg6 (kind gifts from R. Serrano, Universidad Politécnica de Valencia, and G. Daum, Universität Graz, respectively) and subsequently with horseradish peroxidase-conjugated secondary antibodies (Invitrogen, Thermo Fisher). Horseradish peroxidase-conjugated rabbit anti mouse IgG secondary antibody (Millipore Sigma) was used directly to detect tandem affinity purification (TAP) tagged proteins. Enhanced chemiluminescence (Amersham, GE Healthcare) was used for detection followed by Amersham Imager 600 for visualization and imaging. Densitometry analysis for all the blots was conducted using ImageJ (Schneider et al., 2012).



Mass Spectrometry Data and Statistical Analysis

The online clustering tool FunSpec (Robinson et al., 2002) was used to analyze protein enrichment data in the GO class cellular component. The significance score (p-value) associated with each cluster represents the probability that the respective list and any given functional category occurs by chance. The ClueGO plugin (Bindea et al., 2009) for Cytoscape (Shannon et al., 2003) was used to analyzed data from the metabolic KEGG database. An additional plugin, CluePedia, created maps linking the terms with their related genes. In the maps, nodes represent the enriched terms, while the edges that connect the nodes are calculated using kappa statistics (Bindea et al., 2013). In brief, the kappa score is a chance-corrected value of co-occurrence between two genes, considering both the observed and chance co-occurrence. P-values were calculated with the Fisher Exact Test and corrected using the Bonferroni step-down method.



Statistical Analysis and Image Preparation

Statistical analysis for all microscopy images was performed using two−way ANOVA with Bonferroni’s post−test. To determine statistical significance, a 95% confidence interval was used. Image quantification was performed using ImageJ (NIH). GraphPad Prism 5 software was used for statistical analysis of data and preparation of figures.



RESULTS


Isolation of a Lipid Droplet-Associated Fraction Containing DAG-Rich Structures

During growth re-entry from stationary phase in yeast, abundant DAG-rich structures were seen in vivo associated to LDs (Figure 1A and Ganesan et al., 2018). Given this association, a strategy to isolate and characterize DAG-rich structures was devised by combining an LD purification protocol with enrichment of membranes positive for a GFP-DAG sensor. For this purpose, cells expressing the LD marker Erg6 fused to RFP and the C1δ-GFP DAG-probe (Ganesan et al., 2018) were grown to the stationary phase for 24 h in defined medium containing 2% glucose. Cells were then pelleted and resuspended in fresh medium and cultured for an additional 45 min to allow growth resumption before preparation of spheroplasts and homogenization. The LD purification protocol involved three consecutive rounds of Ficoll gradient centrifugations where a final floating white layer of LDs and a pellet comprising LD associated membranes were obtained at the end (see section “Materials and Methods” and scheme in Figure 1B). In order to identify layers containing DAG-rich structures, fractions from all gradients were methodically collected and immediately inspected under a fluorescent microscope to monitor for both GFP (DAG-rich structures) and RFP (LDs) signals. In this way, a fraction collected from the second gradient was pinpointed, displaying a dominant GFP signal with minimum detection of RFP (Figure 1C). This fraction corresponded to a buoyant subphase which detached and became visible to the naked eye, after removal of the top white floating layer in the second centrifugation. The high GFP to RFP signal in this subphase greatly contrasted with the one displayed by the LD fraction where the RFP signal dominated instead, and those from the final pellet where both GFP and RFP signals were high (Figure 1C). Western blot analysis further confirmed that the GFP signal in the subphase was indeed due to the presence of the DAG probe and was not due to free GFP resulting from its degradation as seen frequently in lysates and pellet samples (Figure 1D). Furthermore, the protein pattern of this subphase fraction was unique and different from those of the LD and pellet final fractions (Figure 1E).
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FIGURE 1. Isolation of a lipid droplet-associated fraction containing DAG-rich structures. (A) Wild type cells expressing the DAG sensor C1δ–GFP and endogenous vacuolar marker Vph1–mCherry were grown to stationary phase in selective medium at 30°C. Cells were then collected and resuspended in fresh media to allow growth resumption and imaged after 2 h. Asterisks and arrows point to DAG microdomains and DAG puncta associated with vacuoles, respectively. Scale bar is 2 μm. BF, brightfield. (B) Scheme of the approach used for lipid droplet and subphase isolation. (C) Representative image of cells after 45 min of growth resumption, purified LD, DAG enriched subphase and pellet fractions obtained from cells expressing the DAG sensor C1δ-GFP and endogenously expressing Erg6-RFP. Scale bars represent 1 μm. (D) Western blot analysis of subphase, isolated LD, and pellet fractions. Equal volumes (35 μl) were loaded for subphase and LD fractions and a third of this volume for the pellet fraction (12 μl). Expected molecular weights: C1δ–GFP (DAG sensor)—43 kDa; Erg6–RFP (LD marker)—68 kDa; Dpm1 (ER marker)—30 kDa; Vma2 (vacuole marker)—58 kDa; Pma1 (PM marker)—100 kDa; free GFP – 27 kDa. (E) 2,2,2-Trichloroethanol (TCE) staining showing total protein profile for subphase, isolated LD and pellet fractions.


To gain insight into the nature of the DAG-sensor positive structures present in the LD-derived subphase, we designed a detergent-free immunoisolation approach to obtain membranes enriched in the C1δ-GFP probe using a GFP-nanobody followed by proteomic analysis by MS. Detergents were avoided during the isolation in order to preserve protein lipid interactions and the integrity of the compartments captured. Since the GFP-nanobody was linked to agarose beads, non-specific binding of proteins from the subphase to plain agarose beads was used as control condition. Although C1δ-GFP was detected in all control samples, a 4 to 6 times enrichment was observed after the GFP-Trap step, in three independent isolations performed (Figure 2A and Supplementary Table S1), supporting the successful isolation of C1δ-GFP-enriched membranes. Interestingly, a total of 150 unique proteins not found in control samples (cut-off ≥ 3 peptides) were identified in the GFP-trap samples, in at least one round of MS analysis (Figure 2B and Supplementary Table S2). Protein localization (MIPS subcellular localization) was investigated by database search enrichment analysis and manual curation. ER (p-value < 1e–14), Golgi (p-value 1.725e–06), and mitochondrion (p-value 1.266e–04) were the three main organelles enriched in the set of unique proteins (70% of the proteins localizing to these compartments).
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FIGURE 2. DAG enriched membranes associated with LDs during growth resumption unveil a hub for lipid metabolism. (A) Distribution of proteins augmented in subphase fraction. Shaded area corresponds to the cut-off used for proteomic analysis for (B). (B) Distribution of proteins according to the categories described highlighting those associated with tubular ER and ER contact sites. Proteins identified in a previous study enriched in Yop1 are underlined. Members of the tricalbin family are in bold. (C) Enrichment of KEGG metabolic categories after analysis of proteins using the Cytoscape plugin ClueGo. Significance of the category nodes is indicated by their size and color code according to the scale shown at the right. Black filled circles correspond to proteins uniquely found in the GFP-trap sample, while open circles correspond to proteins enriched in C1δ-GFP membranes. (D) Lipid metabolic hub associated with the isolated DAG-rich membranes, including enzymatic steps in pathways for all three eukaryotic lipid classes.


When the analysis was expanded to also include proteins enriched in the C1δ-GFP-Trap sample (2 peptides, cut-off 1.5 fold enrichment) the number of proteins increased to an additional 185 found twice and 103 found three times (Supplementary Table S1). When these additional proteins were considered (438 proteins in total) the main cellular compartments enriched were ER (p-value < 1e–14), mitochondria (p-value 9.603e-14), Golgi membrane (p-value 7.776e–08), and LDs (p-value 3.151e–06).

These results validated the isolation of a unique DAG-sensor positive fraction, enriched in membranes associated mainly with the ER and other organelles like mitochondria, Golgi, and LDs.



DAG-Rich Membranes Unveil a Connection to Tubular ER

Since the ER emerged as one of the main compartments enriched in the isolated DAG rich membranes, we first directed our analysis to the list of ER resident proteins (85 among the 438 total proteins).

Interestingly, we noticed that this list included a large group of lipid metabolic enzymes as well as some ER structural proteins known to shape the tubular ER. Among these membrane-shaping proteins were the reticulon-interacting protein Yop1, reticulons Rtn1, and Rtn2, as well as the mammalian atlastin functional ortholog, Sey1 (Table 2; Voeltz et al., 2006; Hu et al., 2009). Remarkably, 67% of the proteins recently identified in a proteomics study of Yop1 enriched tubular ER membranes (Wang et al., 2017) were also detected in DAG rich membranes isolated in this study (53 of 79 total Yop1 associated proteins – see Supplementary Table S3). These results suggested that DAG may be abundant in the tubular ER, which is compatible with the high membrane curvature that characterizes this network (Wang et al., 2017; Ulloa et al., 2019).


TABLE 2. Tubular ER proteins identified in DAG positive membrane.

[image: Table 2]Within the group of proteins found in DAG-rich membranes that overlapped with those associated with Yop1-rich membranes were several tethering proteins known to connect the ER to the PM. Notably, the yeast tricalbin Tcb2 was part of the list of unique proteins associated with membranes enriched in the DAG probe (Supplementary Table S2 and Figure 2B). Furthermore, the other two members of this family of extended-synaptotagmins (Schulz et al., 2004) were also identified in our proteomic analysis with Tcb1 and Tcb3 peptides enriched 1.8 and 1.5 times, respectively (Figure 2B). It has been initially suggested that this family of proteins may transport DAG at ER-PM contact sites through their SMP (synaptotagmin-like, mitochondrial-lipid binding protein) domain (Saheki et al., 2016). Therefore, we next investigated the distribution of the DAG probe in cells lacking all three tricalbins but found no major alterations (Supplementary Figure S1). More recently, an alternative role for these tether proteins serving as regulatory interfaces to integrate lipid synthesis pathways rather than as physical conduits for lipid exchange at ER-PM contacts has been proposed (Quon et al., 2018). In concert with this idea, a hub of lipid metabolism was associated with the isolated DAG-rich membranes, including enzymatic steps in pathways for all three eukaryotic lipid classes, i.e., glycerolipids, sphingolipids, and sterols (Figures 2C,D). Specifically, sphingoid base metabolism and ceramide synthesis, but not complex sphingolipids metabolic steps were represented. Ergosterol synthesis and transport by Kes1 (Osh4) and Osh6 were identified. Kes1 is a sterol/phosphatidylinositol-4-phosphate [PI(4)P] exchanger (de Saint-Jean et al., 2011). Interestingly, PI(4)P kinases Stt4 and Sfk1 as well as the PIP phosphatase Sac1 were also identified in DAG-rich membranes.

Crosstalk between the sphingolipid and PI(4)P pathways occurs through a conserved multiprotein complex that includes the serine palmitoyltransferase (Lcb1 and Lcb2), Orm1, and Orm2, Tsc3, and Sac1 (SPOTS; Breslow et al., 2010). Indeed, three members of the complex were identified in the isolated DAG-rich membranes including Lcb2, Orm2, and Sac1.

Therefore, these results point to tubular ER and ER contact sites as DAG-rich compartments involved in the regulation of flow of lipid precursors toward all major lipid biosynthetic pathways. Rate limiting steps catalyzed by Lcb2 (sphingolipids), Gpt2, and Cds1 (glycerophospholipids) and Hmg2 (sterols) all converged in these DAG-rich membranes. Since our experiments were conducted with cells re-entering growth from stationary phase, the specific relevance of the tubular ER during this growth period was next investigated.



Tubular ER Expansion During Growth Resumption Affects Cytosolic DAG Pools and Efficient Lipid Droplet Consumption

The role of ER-shaping proteins and the tubular ER network on LD consumption and distribution of cytosolic DAG pools during re-entry of growth was further investigated. In order to examine the localization of the tubular ER with respect to LDs, cells expressing endogenous levels of Rtn1 fused to GFP (tubular ER marker) were stained with Nile Red to localize LDs in both stationary phase or after 2 h of growth resumption. Inspection of cells with confocal microscopy indicated that the tubular ER network expanded from a dominant peripheral localization in stationary phase to the interior of the cell upon re-entry of growth (33 vs 75% intracellular signal in stationary and GR, respectively; Figure 3). Consistently, points of contact between LDs and the tubular ER network were observed.
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FIGURE 3. Tubular ER expands upon growth resumption from stationary phase. Cells were grown in defined medium for 48 h into stationary phase, imaged immediately (stationary) or diluted in fresh medium, and imaged after 2 h (growth resumption) using confocal microscopy. Cells were incubated with Nile Red as described in Materials and Methods. Asterisks and arrows point to peripheral and internal signal, respectively. Scale bar is 3 μm. BF, brightfield (left). Quantification for localization of Rtn1-GFP in stationary and during growth resumption. Data shown are representative means ± SD for three independent experiments (n = total of 196 cells were scored for each growth condition). Statistical analysis was performed using two-way ANOVA where ∗∗P < 0.0001 (right).


With the premise that during growth re-entry DAG levels increase due to LD consumption with a concomitant tubular ER expansion, we decided to analyze the levels of ER shaping proteins Yop1 and Sey1 in LD-associated subphases from cells in both stationary and resumption phases of growth. For this purpose, the DAG probe was expressed in two independent strains in which Yop1 or Sey1 were tagged with a TAP tag to allow their visualization via western blot (Figure 4). After subphase isolation, the total protein profile of the two sets of independent samples were compared (Figure 4B). Clear differences were observed based on the phase of growth. While the abundance of some proteins increased during growth resumption others decreased compared to samples from stationary phase, suggesting this LD-associated fraction captures changes associated with the phase of growth. We identified this LD-associated subphase as a fraction with tubular ER proteins specifically detected after further enrichment of membranes positive for the DAG probe. Since DAG structures are more abundant during re-entry of growth, we next examined if this was reflected in the levels of the C1δ-GFP probe as well as tubular ER proteins Yop1 and Sey1 in samples obtained from cells that resumed growth. Indeed, the abundance of all three proteins in this fraction increased during growth resumption compared to Vma2 which showed no changes and was therefore used as a control for densitometric analysis (Figure 4C). While Sey1 and Yop1 proteins were 8 and 6 times enriched, respectively, C1δ-GFP only increased 1.5 times (Figure 4C bottom). Importantly, these differences were not observed in whole cell lysates (Figure 4A). These results further support our findings from the unbiased proteomics analysis unveiling a new connection between LD consumption leading to increase DAG levels and tubular ER expansion. The impact of the tubular ER on cytosolic DAG pools was examined next.
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FIGURE 4. Association of the ER-shaping proteins Yop1 and Sey1 with the LD-associated subphase increases upon growth resumption. (A) Twenty micrograms of total protein from the indicated whole cell lysates were loaded in each lane, transferred to a PVDF membrane, and blotted to detect the indicated proteins. (B) Protein profile as observed with 2,2,2-Trichloroethanol (TCE) staining of the LD-associated subphase fractions (before GFP enrichment). (A) 1.5% of the total isolated fraction was loaded in each lane. Red and blue asterisks point to bands that decreased and increased during growth resumption compared to stationary phase, respectively, (C) Western blot analysis of the gel shown in (B) and densitometry of the bands in the bottom. Quantification is expressed as fold increase upon growth resumption compared to stationary phase for Sey1-TAP, Yop1-TAP, and C1-GFP signal shown in (C) normalized using Vma2 as loading control. Quantified values for C1-GFP were the same for both independent Sey1-TAP and Yop1-TAP samples. Rabbit anti mouse IgG crosslinked to horse radish peroxidase was used to detect protein A-tagged Yop1 and Sey1. Expected molecular weights: Yop1-TAP – 41 kDa; Sey1-TAP – 110 kDa, C1δ-GFP (DAG sensor)—43 kDa; Vma2 (vacuole marker)—57 kDa; and free GFP – 27 kDa.


For this purpose, the DAG sensor C1δ-GFP was expressed in cells lacking the ER-shaping proteins Rtn1, Rtn2, and Yop1. This triple mutant has disrupted peripheral ER structures due to a decreased tubular ER formation (Voeltz et al., 2006). DAG localization was then monitored 5 h after cells from stationary phase were resuspended in fresh medium. Interestingly, an abnormal accumulation of DAG-rich structures was observed in the triple rtn1Δ rtn2Δ yop1Δ mutant, with a 70% increase in the abnormal distribution of the probe compared to the wt (Figure 5A). In addition, the polarized distribution of DAG at the PM of buds was concomitantly reduced compared to the wt. These results suggest a role for the tubular ER in regulating DAG distribution due to DAG channeling into metabolic pathways localized to the ER, or movement to other cellular compartments were this could happen.
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FIGURE 5. Lack of tubular ER affects DAG localization and efficient LD consumption (A) Wild type and the tubular ER mutant rtn1Δ rtn2Δ yop1Δ expressing C1δ-GFP and the endogenous vacuolar marker Vph1-mCherry were grown for 48 h in selective medium at 30°C and resuspended in fresh medium to allow growth resumption. Images were captured 5 h after cells resumed growth. Arrows point to polarized C1-GFP signal at the PM of bud cells. Scale bar is 3 μm (left). Cells from experiments in left were scored for the presence of DAG puncta. Data shown are representative means ± SD for one of the three independent experiments, (n = total of 223 cells were scored for each strain). ∗∗P < 0.0001 (right). (B) Wild type or rtn1Δ rtn2Δ yop1Δ cells expressing the DAG sensor C1δ–GFP were grown to stationary phase for 48 h, and then allowed to re–enter growth for 5 h in the presence or absence of 10 μg/ml cerulenin and growth (A600) was monitored at indicated time points. Each data point represents the average of three independent cultures. Inset highlights growth curve from 12 to 30 h. From 12 h and onward, all the treatments are significantly different based on two-way ANOWA followed by Tukey’s multiple comparison analysis. ∗∗P < 0.0001. (C) Cells were grown as in (B) for 48 h and then diluted in fresh media and imaged after 5 h. Cells were incubated with Nile Red (1 μg/ml) for 20 min before imaging to visualize LDs. Scale bar is 3 μm (left). Size of lipid droplets were quantified for (C) (n > 100) and shown as a box plot. Each spot represents a single lipid droplet. Data shown are representative means ± SD for one of the two independent experiments. Statistical analysis was performed using two-tailed student’s t-test where ∗∗P < 0.0001 (right). (D) LD distribution for cells in (C) was quantified (n = total of 196 cells were scored for each). ∗∗P < 0.0001. Data shown are representative means ± SD for one of the two independent experiments performed.


The probe accumulation displayed by the rtn1Δ rtn2Δ yop1Δ mutant defective in tubular ER, was similar to the one seen in cells lacking the DAG kinase Dgk1 (dgk1Δ) treated with the fatty acid synthesis inhibitor cerulenin (Ganesan et al., 2018). In the presence of cerulenin LD mobilization is enhanced, as under this condition cells rely almost exclusively on TAG lipolysis as the cellular source of fatty acids to resume growth. Treatment of rtn1Δ rtn2Δ yop1Δ with cerulenin resulted in growth being slightly delayed (Figure 5B) and cells displaying larger LDs (Figure 5C), pointing to a retardation in TAG mobilization. Interestingly, while LDs were frequently clustered in wild type cells, mutant rtn1Δ rtn2Δ yop1Δ cells displayed a more dispersed LD distribution (Figure 5D). This abnormal LD phenotype did not depend on the presence of cerulenin (Supplementary Figure S2). These findings suggest that the tubular ER is involved in LD positioning and efficient mobilization of neutral lipids, impacting DAG distribution and its proper channeling for membrane lipid biosynthesis.

One possible scenario is that during lipolysis, LDs could be linked through DAG enriched membranes to the tubular ER, allowing conversion of DAG to PA via Dgk1. Therefore, defects in tubular ER could partially resemble dgk1Δ phenotypes. In fact, negative genetic interactions have been reported in global studies between dgk1Δ and the tubular ER mutants rtn1Δ, sey1Δ and scs2Δ (Schuldiner et al., 2005). It has been previously shown that overexpression of Dgk1 results in nuclear envelope expansion and accumulation of PA in the perinuclear ER (Han et al., 2008). Therefore, we tested if overexpression of DGK1 could revert the abnormal distribution of the cytosolic pools of DAG in the tubular ER mutant rtn1Δ rtn2Δ yop1Δ, improving the delayed growth resumption phenotype. To our surprise, overexpressing DGK1 in the triple mutant caused a severe growth deficiency (Figure 6A). This phenotype was dependent on the conversion of DAG to PA, as this phenotype was not observed when cells overexpressed a catalytically inactive Dgk1D177A (Han et al., 2008). Inspection of transformants expressing the DAG probe confirmed that overexpression of DGK1 reverted the accumulation of DAG-rich structures in the tubular ER mutant rtn1Δ rtn2Δ yop1Δ (25% vs 71% in rtn1Δ rtn2Δ yop1Δ expressing DGK1 or empty vector, respectively) and this was dependent on its catalytic activity (Figure 6B). Therefore, we next decided to also monitor PA pools in the transformants using the GFP−Spo2051–91 probe (Nakanishi et al., 2004). As previously observed, overexpression of DGK1 in wild type cells resulted in the probe being recruited to an enlarged perinuclear ER, in addition to its typical localization to the cell periphery. In great contrast, PA puncta accumulated in the tubular ER mutant rtn1Δ rtn2Δ yop1Δ overproducing catalytically active Dgk1 (21 vs 0% in rtn1Δ rtn2Δ yop1Δ expressing DGK1 or empty vector, respectively; Figure 6C). These results point to a toxic effect of PA in the absence of ER-shaping proteins, and further highlight the role of the tubular ER in the proper channeling of DAG during LD consumption.


[image: image]

FIGURE 6. Tubular ER proteins are required for proper channeling of DAG upon growth resumption (A) Wild type and the tubular ER mutant rtn1Δ rtn2Δ yop1Δ expressing DGK1 were grown to stationary phase and resuspended in fresh medium to allow growth resumption. Cells were plated on defined medium with glucose (control) or galactose to allow expression of genes under GAL promoter and plates were imaged after 2 days. (B) Wild type and rtn1Δ rtn2Δ yop1Δ yeast transformed with either empty vector (EV), DGK1 or catalytically inactive DGK1D177A containing plasmids (LEU2) as well as the DAG sensor C1-GFP plasmid (URA3) were grown for 48 h in defined medium containing 2% raffinose, allowed to resume growth in defined medium containing 2% galactose to induce DGK1 expression and imaged after 2 h. Scale bar is 3 μm (left). Cells were scored for the presence of DAG puncta. Data shown represent one of two independent experiments performed. n = at least 77 cells were scored for each transformant except for rtn1Δ rtn2Δ yop1Δ expressing catalytically active DGK1 due to cell death (n = 48). Green, blue and red asterisks show statistical comparison of the mutant transformants to wt (EV), wt (DGK1), and wt (inactive DGK1D177A), respectively. ∗∗∗P < 0.0001; ∗∗P < 0.001∗∗; and P < 0.01∗ (right) (C) Wild type and the tubular ER mutant rtn1Δ rtn2Δ yop1Δ expressing GFP-Spo20 and overexpressing empty vector, DGK1 or catalytically inactive DGK1D177A were grown and imaged as in B. Scale bar is 3 μm.




DISCUSSION

The present study was designed to obtain information on the nature of DAG-rich structures observed in living yeast cells. Since cells resuming growth from stationary phase display abundant DAG-rich structures due to LD consumption (Ganesan et al., 2018) we used this condition to successfully capture these compartments with a sensitive DAG sensor during LD purification. This approach led to the identification of an LD-associated subphase enriched in DAG-sensor positive membranes. Proteomic analysis of isolated DAG-rich structures identified the tubular ER as an enriched compartment in this fraction (Figure 2B and Table 2). Other organelles enriched were mitochondria, Golgi and LDs, which can communicate with the ER through membrane contact sites (MCSs; Eisenberg-Bord et al., 2016; Jain and Holthuis, 2017). The ER is the main supplier of lipids and their transport to all cellular compartments is facilitated by the MCSs. A significant number of tethering and lipid transport proteins involved in mediating or localizing to MCSs between ER-mitochondria, ER-Golgi, ER-PM, ER-LDs, and ER-vacuole were detected in the subphase and were particularly enriched in isolated DAG-rich membranes (Supplementary Tables S1, S2). Mobilization of neutral lipids stored in LDs upon growth resumption from stationary phase would result in a local increase in the levels of DAG, sterols and fatty acids. Build-up of a DAG pool dependent on TAG lipolysis has been detected at vacuolar membranes and cytosolic puncta during the first hours of re-entry of growth (Ganesan et al., 2018). An insight on how DAG would impact the interaction of LDs with bilayers could be considered from studies investigating LD emergence. It has been proposed that during LD biogenesis in the ER, an increase in the membrane DAG would facilitate formation of embedded LDs, while for transition of the generated LDs to the emerged state, the amount of DAG in the membrane must be decreased (Choudhary et al., 2018). The reverse process could be happening during LD consumption. In this scenario, DAG accumulation would induce LDs to become embedded in the membrane, allowing flux of lipid precursors directly into lipid biosynthetic pathways, while TAG synthesizing enzymes would be inhibited, preventing a futile cycle (Kiegerl et al., 2019).

Large concentrations of DAG would introduce curvature and could destabilize bilayers, serving as cue for the recruitment of proteins. For example, it has been shown that membrane recruitment and activity of Arf1 GTPase-activating protein (Arf1GAP) in mammalian cells requires DAG (Antonny et al., 1997). Arf1GAP is a protein with an amphipathic lipid packing sensor (ALPS) motif that can recognize packing defects in membranes. Proteins containing this motif were shown to bind membranes rich in DAG or with high curvature (Antonny et al., 1997; Vanni et al., 2013). Our study indeed identified several ALPS-containing proteins enriched in isolated DAG-rich membranes (Supplementary Table S4). Among these were Gcs1, an ArfGAP involved in ER-Golgi transport, and the lipid transfer proteins Kes1 and Vps13 localized to various MCSs (Antonny et al., 1997; Doucet et al., 2015). Interestingly, both Gcs1 and Kes1 contribute to DAG homeostasis in the Golgi in a process dependent on the lipid transfer protein Sec14 (Fang et al., 1996; Li et al., 2002; Yanagisawa et al., 2002). The ability of Gcs1 to bind to membranes highly curved containing DAG is essential in the Sec14-controlled circuit, where Sec14 promotes the formation of DAG at the expense of PC (Antonny et al., 1997). It has been suggested Kes1 could counterbalance Sec14 activity by sensing defects in membrane packing and modifying the sterol content to regulate Gcs1 recruitment (Drin et al., 2007). Kes1 activity involves sterol/PI(4)P exchange, followed by Sac1−dependent turnover of this phosphoinositide at the ER to produce PI. Interestingly, the PI(4)P phosphatase Sac1 was also highly enriched in DAG-positive membranes isolated in this study. It has been shown that elevated PI(4)P due to SAC1 deletion, inhibits LD utilization and this is controlled by the Sec14-like protein Pdr16 (Ren et al., 2014; Teixeira et al., 2018), which was likewise identified herein. Therefore, we are tempted to speculate that DAG produced during LD consumption may play an important role in the recruitment of proteins like Gcs1, Kes1, and Sac1 to participate in a Pdr16-regulated circuit to control LD homeostasis. This should be addressed in future studies.

An important ER-associated lipid metabolic hub including enzymes of pathways for biosynthesis of the three lipid classes (glycerolipids, sphingolipids and sterols) was associated with the DAG enriched subphase. Interestingly, Gpt2, and Lcb2 catalyzing the rate limiting steps in the biosynthesis of PA and ceramide, respectively, were identified in our proteomic approach characterizing DAG-rich membranes. These two enzymes also have predicted ALPS motifs (Drin et al., 2007) opening the possibility they could sense membranes highly curved by DAG. It is worth noting Lcb2, Sac1, and the regulatory protein Orm2 also found in our study are part of the SPOTS complex that coordinates lipid metabolism in response to nutrients.

It has been shown, that regulation of the glycerol-3 phosphate acyltransferase (GPAT) Gpt2 through phosphorylation prevents a futile cycle during LD consumption (Kiegerl et al., 2019). Interestingly, the serine residues phosphorylated in this GPAT are part of the predicted ALPS motif. Evidence from our group indicates that lack of phosphorylation at the ALPS in Gpt2 impacts the proteome of the subphase and LDs (our unpublished results) resulting in aberrant DAG distribution during growth re-entry from stationary phase. Furthermore, Gpt2 associates with LDs forming unique ER crescent structures (Marr et al., 2012) and has been consistently found in membranes containing the ER-shaping proteins Sey1 and Yop1 (Wang et al., 2017 and our unpublished results). The role of this GPAT and its ALPS motif on DAG metabolism and tubular ER function during growth resumption is currently being investigated in our group.

Our study strongly supports a role for the tubular ER as a critical platform that connects LD consumption with the concomitant elevation of the conical lipid DAG, altering membrane curvature for the recruitment of proteins that promote membrane proliferation in the presence of glucose (Figure 7). Interestingly, a study in sea urchin eggs demonstrated that depletion of DAG levels leads to increased ER sheets-like structures at the expense of tubular ER formation (Domart et al., 2012), supporting the idea that DAG could be involved in the recruitment of ER-shaping proteins, allowing this lipid precursor to flow into ER metabolic pathways. In fact, we show herein, that defective tubular ER impacts DAG distribution and the efficiency of LD consumption.


[image: image]

FIGURE 7. Tubular ER associates with DAG-rich structures during LD consumption. Glucose induces a metabolic switch where yeast cells resuming growth from stationary phase start consuming LDs (magenta circles) to allow membrane proliferation. During this period DAG-rich structures (green circles) emerge in tight association with LDs. An expansion of tubular ER (blue network) allows DAG to flow in wild type cells, but the DAG-rich structures are enlarged in cells defective in tubular ER shaping proteins (rtn1Δ rtn2Δ yop1Δ). Therefore, defective tubular ER impacts DAG distribution and the efficiency of LD consumption. Vacuole, v; nucleus, n.


The lethality of rtn1Δ rtn2Δ yop1Δ mutant cells overexpressing DGK1 is intriguing. The fact that this phenotype depends on Dgk1 catalytic activity points to PA accumulation being toxic. In line with our findings, it has been previously shown that cells lacking the protein phosphatase Nem1/Spo7 are synthetic lethal with rtn1Δ yop1Δ (Dawson et al., 2009). Nem1 and Spo7 are the catalytic and regulatory subunits, respectively, of the ER protein phosphatase complex that regulates the PA phosphatase Pah1 (Karanasios et al., 2013). In the absence of Nem1 or Spo7, PA levels increased resulting in enlarged perinuclear ER, similarly to cells overexpressing DGK1 (Han et al., 2008). Mutant cells spo7Δ and nem1Δ also have impaired sporulation and it was speculated that normal nuclear morphology and nuclear pore complex (NPC) assembly could be a prerequisite for meiotic nuclear division (Siniossoglou et al., 1998). It was indeed later shown that rtn1Δ yop1Δ cells display abnormal NPC distribution (Dawson et al., 2009). Therefore, the lethal effect of DGK1 overexpression in cells lacking tubular ER could be due to an effect on NPC assembly/distribution. It is worth mentioning that several proteins of the NPC were uniquely found in isolated DAG-rich membranes, including Nup157, Nup170, Nup188, and Nup192 (Supplementary Table S2). Interestingly, both Nup170 and Nup188 have predicted ALPS motifs (Drin et al., 2007), making them good candidates to sense highly curved membranes due to DAG accumulation during re-entry of growth, to coordinate NPC assembly and membrane proliferation. Future studies should investigate this possible mechanism and the impact of the PA/DAG ratio in its regulation.
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FIGURE S1 | Cells lacking Tcb1, Tcb2, and Tcb3 display normal DAG distribution. Representative images of wt and tcb1Δ tcb2Δ tcb3Δ cells expressing C1δ-GFP during log phase. Scale bar is 2 μm.

FIGURE S2 | Dispersed LD distribution in cells lacking tubular ER. Wild type and cells lacking Rtn1, Rtn2, and Yop1 were grown to stationary phase for 48 h in synthetic defined medium and then diluted in fresh medium and imaged after 5 h. Cells were incubated for 20 min with 1 μg/ml of Nile Red before imaging. Scale bar represents 2 μm.

TABLE S1 | Peptide identification results for proteins identified either as unique or enriched twice or thrice (289 total) in DAG rich subphase.

TABLE S2 | Peptide identification results for unique proteins during first round to characterize DAG rich subphase fraction (3 peptides or more).

TABLE S3 | Comparison with Yop1 proteome (Wang et al., 2017, eLife).
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Intracellular trafficking is essential for cell structure and function. In order to perform key tasks such as phagocytosis, secretion or migration, cells must coordinate their intracellular trafficking, and cytoskeleton dynamics. This relies on certain classes of proteins endowed with specialized and conserved domains that bridge membranes with effector proteins. Of particular interest are proteins capable of interacting with membrane subdomains enriched in specific phosphatidylinositol lipids, tightly regulated by various kinases and phosphatases. Here, we focus on the poorly studied RUFY family of adaptor proteins, characterized by a RUN domain, which interacts with small GTP-binding proteins, and a FYVE domain, involved in the recognition of phosphatidylinositol 3-phosphate. We report recent findings on this protein family that regulates endosomal trafficking, cell migration and upon dysfunction, can lead to severe pathology at the organismal level.
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INTRODUCTION

The organization of cells into multiple membranous compartments with specific biochemical functions requires complex intracellular traffic and sorting of lipids and proteins, to transport them from their sites of synthesis to their functional destination. Intracellular transport involves lipid vesicles or tubules with the capacity to fuse with one another or to be secreted. They collectively participate in the dynamic exchanges necessary for cell homeostasis (Rothman, 2002; Søreng et al., 2018). Membrane traffic is tightly coordinated with protein synthesis, signal transduction of environmental stimuli and cytoskeleton organization, allowing the implementation of key cellular functions such as endocytosis, exocytosis, or migration (McMahon and Gallop, 2005; Habtezion et al., 2016; Vega-Cabrera and Pardo-López, 2017; MacGillavry and Hoogenraad, 2018; Margaria et al., 2019; Tapia et al., 2019; Buratta et al., 2020; Stalder and Gershlick, 2020).

Several families of molecular components required for orchestrating membrane vesicle exchange and transport during this process are conserved. They include adaptor and coat proteins, small GTP-binding proteins (GTPases), as well as Synaptosome Associated Protein (SNAP) Receptor (SNARE) proteins and SNARE binding proteins (Juliano, 2018). The vast superfamily of GTPases is involved in the establishment or regulation of virtually every step of intracellular membrane trafficking. They behave as molecular switches that can alternate between active and inactive states, through GTP binding and hydrolysis into GDP (Takai et al., 2001; Stenmark, 2009). The largest group of GTPases involved in intracellular membrane traffic is the Rab proteins family (Lamb et al., 2016). Rab GTPases specifically localize to different intracellular compartments, regulating vesicle formation and sorting, as well as transport along the cytoskeletal network. Each Rab protein can be recruited to specific membrane subdomains of a defined organelle and is associated to multiple effectors controlling membrane fusion and trafficking. Rab interaction with the membrane fusion complexes and cytoskeleton regulators is therefore crucial for cellular functions, including endocytosis and autophagy (Chen and Wandinger-Ness, 2001; Bruce et al., 2010; Geng et al., 2010; Thomas and Fromme, 2020; Yuan and Song, 2020).

Here, we review the literature concerning a less-well known family of proteins involved in the complex biochemical crosstalk established between the cytoskeleton and intracellular vesicles. This small group of proteins was named RUFY for “RUN and FYVE domain-containing.” RUFYs share a common structural domain organization, including an N-terminal RUN domain, one or several coiled-coil (CC) repeats and a C-terminal FYVE domain (Figure 1A). The molecular structures of the different RUFY proteins has been described (Dunkelberg and Gutierrez-Hartmann, 2001; Mari et al., 2001; Kukimoto-Niino et al., 2006; Kitagishi and Matsuda, 2013), but their function in endocytic regulation and their physiological relevance at the organismal level are still poorly characterized (Kitagishi and Matsuda, 2013; Terawaki et al., 2016). We revisit here how the rufy gene family was annotated, and propose the addition of a novel member, the fyco1 (FYVE and Coiled-coil containing domain 1) gene given its sequence and functional similarities with the other rufy genes (Pankiv et al., 2010; Terawaki et al., 2015). We also highlight recent findings on the implication of RUFY proteins in the regulation of cytoskeleton and endosome dynamics and their contribution to immunity, cancer and neurodegenerative diseases.
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FIGURE 1. RUN and FYVE domain containing-proteins in the endo-lysosomal pathway. (A) Schematic representation of the RUFY proteins family. (B) Description of the endo-lysosomal and autophagy pathways and presumed functional locations of RUFY proteins. Extracellular material is ingested by endocytosis or phagocytosis. The action of different endosomes allows cargo to be sorted, recycled or degraded in a complex and regulated process involving fusion, maturation and transport along the cytoskeleton. Alternatively, during autophagy, obsolete components present in cytosol are captured in autophagosomes prior fusion with lysosomes and degradation (macroautophagy) or directly internalized through endosomal invagination (microautophagy). SE, sorting endosome; EE, early endosome; TGN, trans golgi network; LE, late endosome; MVBs, multi vesicular bodies; RE, recycling endosome, MT, microtubule; CT, centrioles; ER, endoplasmic reticulum. The location of PI3P and RUFY proteins known activity is shown. Created with BIoRender.com.



Endocytosis and Autophagy

Endocytosis and autophagy are membrane traffic pathways required for degradation and recycling of extracellular and intracellular components, respectively (Birgisdottir and Johansen, 2020). These pathways have a common endpoint at the lysosome, where their cargo is degraded. These both pathways intersect at several stages throughout vesicle formation, transport and fusion and share some of the components of their molecular machineries (Figure 1B).

There are numerous co-existing endocytic pathways, which initiate by the formation of nascent endocytic vesicles formed from plasma membrane invaginations and scissions. These endocytic vesicles undergo homotypic fusion and are rapidly targeted to sorting endosomes (SE). Sorting events initiated in SE determine the fate of internalized cargo molecules, such as recycling to plasma membrane, degradation in lysosomes, or other trafficking events (Naslavsky and Caplan, 2018; Figure 1B). On their way to degradation, sorted cargo accumulate in early endosomes (EE), that further mature into late endosomes (LE) through multiple events of cargo and lipid sorting. Late endosomes adopt a membrane organization termed multivesicular bodies, that are enriched in lysobisphosphatidic acid and contain intraluminal vesicles (Gruenberg, 2020). Next, LE potentiate their hydrolytic competence by fusing with lysosomes (Pillay et al., 2002) resulting in the degradation of their contents, providing nutrients and key factors to the cell (Doherty and McMahon, 2009; Kaksonen and Roux, 2018). Notably, endosomes play a role in signal transduction by serving as signaling platforms either for surface activated receptors like Toll-like receptors and epidermal growth factor receptor or metabolic sensors such as mechanistic target of rapamycin complex 1 (mTORC1; Argüello et al., 2016). Often they promote the degradation of their targets, leading to signal termination (Chung et al., 2010). The endocytic pathway has also specialized functions in differentiated cells such as neurotransmitter release and recycling in neurons, or antigen processing and presentation in professional antigen presenting cells, like B cells or dendritic cells (Argüello et al., 2016; Solé-Domènech et al., 2016; Hinze and Boucrot, 2018). Endocytosis events and endosomes positioning is highly dependent on the dynamic and spatial re-organization of the different cytoskeleton networks that include actin, intermediate filaments, or microtubules (Fletcher and Mullins, 2010; Pegoraro et al., 2017).

Complementary to endocytosis, autophagy is an intracellular process by which cells degrade and recycle their own cytoplasmic materials (Mizushima and Komatsu, 2011). Autophagy plays a central role in many physiological processes including stress management, development, immunity and aging (Puleston and Simon, 2014; Zhong et al., 2016; Fîlfan et al., 2017; Moretti et al., 2017; Doherty and Baehrecke, 2018). Autophagy is partially controlled though mTORC1 activity and is responsible for degradation and recycling of misfolded proteins, as well as obsolete organelles (Galluzzi et al., 2017). The endpoint of autophagy is to deliver cytoplasmic material to lysosomes, where like for endocytosed cargo, it is degraded. Several autophagy processes can be distinguished based on the entry mode of the cytosolic components destined for degradation (Figure 1B). Macroautophagy involves engulfment of cytoplasmic contents into a double membrane vesicle termed the autophagosome. The autophagosome fuses then with lysosomes, becoming an autolysosome, in which its cargo is degraded (Galluzzi et al., 2017). The presence of specific phosphoinositides lipids, together with Rab GTPases, at a given membrane compartment is often directly correlated with compartment function. One of the common mechanism regulating endocytosis and autophagy is an accumulation of phosphatidylinositol 3-phosphate (PtdIns(3)P) at surface of EE and on intraluminal vesicles of multivesicular endosomes and on autophagosomes (Nascimbeni et al., 2017; Figure 1B). PtdIns(3)P is also observed at sites of LC3−associated phagocytosis another pathway of internalization used by the cells to ingest large particulate material or microbes. PtdIns(3)P is therefore a beacon used by the cellular machinery to regulate endosomal sorting and autophagy (Birgisdottir and Johansen, 2020).



RUN Domains

The presence of a single copy of a RUN and a FYVE domain at their extremities is the key characteristic defining the RUFY family members. RUN domains were named after three proteins bearing similar peptide motifs, RPIP8, UNC-14 and NESCA (new molecule containing SH3 at the carboxy−terminus) (Ogura et al., 1997; Matsuda et al., 2000). RUN domains are present in multiple proteins (RUN proteins) in a large panel of organisms (Figure 2) and principally allow direct interactions with small GTPases of the Rap and Rab families (Callebaut et al., 2001; Yoshida et al., 2011). RUN domains adopt a hydrophobic globular structure bearing six conserved blocks named A to F (Figure 3A). These blocks correspond to eight α-helices and some 310-helices. The first helix is crucial to limit hydrophobic exposure and maintain protein solubility of RUN-containing proteins (Callebaut et al., 2001; Kukimoto-Niino et al., 2006). In spite of strong conservation among the domains present in RUN-containing proteins, the proteins they interact with, their effectors, are highly variable (Mari et al., 2001) and the structural features of the RUN domain alone are not sufficient to define binding specificity for one or several members of the GTPase superfamily (Fukuda et al., 2011). Most RUN domain-bearing proteins bind small GTPases, but interactions with other molecules like kinesin 1 have also been described (Boucrot et al., 2005). A direct physical link between RUN proteins with actin filaments and microtubules has been also demonstrated (Torti et al., 1999), reinforcing the idea that these molecules are also critical for cellular functions requiring actin remodeling, such as migration or phagocytosis (Price and Bos, 2004; Bos, 2005; Miertzschke et al., 2007; Xu et al., 2007; Figure 4A). Additional functions for RUN domains have been described, for example for the RUN domain present in NESCA, which blocks TRAF6-mediated polyubiquitination of the NF-kappa-B essential modulator and consequently induces NF-kB activation. This is just one of the ways in which RUN proteins can act in signal transduction and the coordination of membrane traffic with actin dynamics upon external stimulation (Yoshida et al., 2011). As well as promoting endosomal fusion through their binding to Rab or Rap GTPases (Callebaut et al., 2001; Yoshida et al., 2011), their interaction with motor proteins, like kinesin or myosin, suggests a role for RUN domains in regulating vesicular and organelle transport (Callebaut et al., 2001; Yoshida et al., 2011). Via these different mechanisms, RUN proteins have been implicated in neuronal development (Honda et al., 2017b), signaling (Sun et al., 2012), migration (Yoshida et al., 2011), and regulation of various cellular function like endocytosis or exocytosis (Kitagishi and Matsuda, 2013).
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FIGURE 2. Evolution of RUN and FYVE domain or rufy genes among living organisms. Diagram illustrating the evolution of the rufy genes. Species representative of various taxonomic groups are listed, data were extracted from the Differential Expression Atlas Genes database (EMBL-EBI). Next to each species studied, the number corresponds to the number of genes having in its sequence a FYVE (green), RUN (blue) or both (red) domain. The “X” corresponds to the appearance of a common rufy ancestor gene.
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FIGURE 3. Molecular organization of RUN and FYVE domains from the RUFY proteins family. Alignment of the protein sequences of the RUN (A) and FYVE (B) domains of the RUFY proteins family in human and mouse. (A) RUN consensus blocks are represented by segments (A–F). Rpip8 sequence is used as RUN domain reference, (B) FYVE conserved motives and zinc fingers are represented by segments. In the alignment, “x” is any amino acid and “+” represents positively charged amino acid. Eea1 sequence is used as FYVE domain reference. For all alignment, amino acids are colored according to their properties: Cyan for hydrophobic positions (A,V,I,L,M), turquoise for aromatic positions (F,Y,W,H), red for basic residues (K,R), purple for acidic residues (D,E), green for polar uncharged (N,Q,S,T), salmon for cysteine (C), orange for glycine (G) and yellow for proline (P). Gray numbers below alignment means the amino acids position after alignment. Black numbers surrounding the alignments represent the start (left) and end (right) positions of the domains in the peptide sequence of each protein. Alignment were realized with Seaviewer analyzer software (Gouy et al., 2010). Accession numbers for protein are following: human Rpip8 (NP_001138297.1), mouse Rpip8 (NP_058039.1), human Eea1 (NP_003557.3), mouse Eea1 (NP_001001932.1), human RUFY1 (NP_079434.3), mouse RUFY1 (NP_766145.1), human RUFY2 (NP_060457.4), mouse RUFY2 (NP_081701.2), human RUFY3 (NP_055776.1), mouse RUFY3 (NP_081806.1) human RUFY3XL (NP_001032519.1), mouse RUFY3XL (NP_001276703.1), human RUFY4 (NP_940885.2), mouse RUFY4 (NP_001164112.1), human FYCO1 (NP_078789.2), mouse FYCO1 (NP_001103723.2).
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FIGURE 4. RUFY proteins are important for intracellular trafficking, signaling and cytoskeleton dynamics. (A) Schematic representation of the RUN and FYVE domains activity of RUFY proteins. RUN domains act on signaling, endosomal protein trafficking and cytoskeletal network dynamics via small GTPase proteins. FYVE domains bind PtdIns(3)P and regulates autophagy and endosome trafficking. (B) Function of RUFY proteins in homeostatic conditions. (C) Consequences of alterations in RUFY proteins functions at the cellular and organismal level.




FYVE Domains

FYVE-domain-bearing proteins (for Fab1, YOTB/ZK632.12, Vac1, and EEA1) are specifically found in association with membranous organelles enriched in PtdIns(3)P and highly conserved among eukaryotes, including yeast (Hayakawa et al., 2007; Figure 2). FYVE domains adopt a zinc finger conformation (Misra and Hurley, 1999; Kutateladze and Overduin, 2001). In addition to FYVE, ten types of zinc finger folds have been characterized, including conventional, Gal4, GATA-1, TFIIS, MetRS, LIM, RING domain, PKC CRD, and PHD domains. Zinc fingers are structural conformations adopted by peptide chains upon coordination of two Zn2+ cations within a cysteine rich region (Schwabe and Klug, 1994; Stenmark et al., 1996). Unlike most molecules bearing zinc fingers, FYVE proteins display only one copy of the domain located at any position along the peptide chain, highlighting its autonomy as a structural unit. FYVE zinc fingers can stabilize protein-protein or protein-DNA/RNA interactions (Dunkelberg and Gutierrez-Hartmann, 2001). A “classical” FYVE domain has eight potential zinc coordinating tandem cysteine positions and is characterized by having basic amino acids around the cysteines. Many members of this family also include two histidine residues in a sequence motif including WxxD, CxxC, R+HHC+xCG and RVC where “x” means any amino acid and “+” a positively charged amino acid (Figure 3B). Most deviations from this sequence can reduce the domain affinity for zinc and destabilize it (Stenmark et al., 1996; Misra and Hurley, 1999; Stenmark and Aasland, 1999; Kutateladze and Overduin, 2001). Within this structural framework, specific modifications in the non-conserved residues of the domain can radically affect FYVE protein subcellular localization and function, by forming a “turret loop” and a dimerization interface (Hayakawa et al., 2004).

With regard to their affinity for PtdIns(3)P, FYVE domain-containing proteins are mostly found associated to EE or phagosomes (Stenmark et al., 1996; Gaullier et al., 1998; Stenmark and Aasland, 1999; Figure 4A). The presence of FYVE domains is therefore correlated to the regulation of membrane traffic, through specific recognition of PtdIns(3)P domains by “R+HHC+xCG” motifs (Gaullier et al., 1998), and modulation by associated phosphatidylinositol kinases. PtdIns(3)P is generated from phosphatidylinositol by Class III PtdIns 3-kinases (PI3K), like Vps34, on target membranes such as nascent autophagosome (omegasomes) (Melia et al., 2020), or EE (Di Paolo and De Camilli, 2006; Raiborg et al., 2013; Scott et al., 2014; Figure 1B). In turn, accumulation of PtdIns(3)P recruits and activates effector proteins containing FYVE domains, favoring transport or fusion of target organelles (Stenmark and Gillooly, 2001; Axe et al., 2008; Burman and Ktistakis, 2010; Schink et al., 2013). Affinity for PtdIns(3)P is determined by the pair of histidine residues present in the “R+HHC+XCG” motif of the FYVE domain (Stahelin et al., 2002; Diraviyam et al., 2003; Lee et al., 2005; He et al., 2009). This affinity can also be harnessed by FYVE proteins to link endosomes with mRNA, ribonucleoprotein particles (mRNP) and associated ribosomes, playing a role in their long-distance transport in the cell (Pohlmann et al., 2015). Importantly, many FYVE proteins homodimerize. Dimerization multiplies the conserved residues displayed by the different signature motifs present in the FYVE domain and contributes to a network of hydrogen bonding and electrostatic interactions that provides positive selection for binding several PtdIns(3)P head groups. PH-dependent insertion of FYVE domain into cell membranes (He et al., 2009; Pankiv et al., 2010) is reinforced by additional hydrophobic membrane interactions with the turret loop and/or tandem lysine residues. These non-specific interactions promote FYVE domain access to phosphate head groups, that are hindered by the close packing of lipid molecules. This bivalent mechanism increases therefore greatly FYVE domains specificity for PtdIns(3)P-enriched domains and discrimination against other mono- or polyphosphorylated PtdIns species (Misra and Hurley, 1999; Stenmark and Aasland, 1999; Dumas et al., 2001; Kutateladze and Overduin, 2001).

FYVE proteins are therefore key players in endocytosis and autophagy and mutations in FYVE domains can alter profoundly these functions, as well as cellular homeostasis (Kamentseva et al., 2020). For example, EEA1 protein (early endosome antigen 1) is known to be crucial for endosome dynamics and any mutation in its conserved residues or the oligomerization site can drastically reduce the affinity between its FYVE domain and PtdIns(3)P (Stenmark et al., 1996; Gaullier et al., 2000). In this context, RUFYs proteins, by bearing a N-terminal RUN domain, one or several copies of a coiled-coil domain next to a C-terminal FYVE domain (Figure 1A) have all the features required to carry-out specific adaptor functions to regulate endocytosis or autophagy by impacting on organelle fusion and mobility along the cytoskeleton.



The RUFY Proteins Family

The RUFY family encompass four genes named rufy1 to 4, sharing homologies and displaying specific tissue expression and alternative splicing. Rufy genes are relatively conserved genes, absent from prokaryotes and fungi. Upon evolution, the emergence of the common ancestor appeared in vertebrates and arthropods, which possess one ortholog (CG31064) (Figure 2). No RUFY protein could be detected In Caenorhabditis elegans and only a FYVE-bearing protein (T10G3.5) considered as an ortholog of human EEA1 shows some sequence similarities with the RUFY family. T10G3.5 exhibits PtdIns(3)P binding activity and is involved in endocytosis, being mostly expressed in epidermis and intestine of C. elegans (Hayakawa et al., 2007). In chordates, Rubicon (RUN domain and cysteine-rich domain containing, Beclin 1-interacting protein) and FYVE And Coiled-Coil Domain Autophagy Adaptor 1 (FYCO1), display structural and functional features, potentially categorizing them as RUFY proteins. Rubicon was identified as a component of the Class III PI3K complex and a negative regulator of autophagy and endosomal trafficking (Matsunaga et al., 2009; Zhong et al., 2009). Like RUFYs, Rubicon contains multiple functional domains that interact with other proteins, including a RUN, a CC and a FYVE-like domains (Wong et al., 2018). However, despite these similarities, the poor degree of sequence homology and the lack of conservation of its FYVE-like domain, which was found not to bind to PI(3)P (Burman and Ktistakis, 2010), prevented Rubicon’s integration within the RUFY proteins family, conversely to FYCO1, which we propose here to name RUFY5 and detail the characteristics below.



RUFY1

RUFY1, previously named Rabip4 is an 80 kDa protein, mainly expressed in the brain, kidney, lung, placenta and testis. There are two RUFY1 isoforms Rabip4, and Rabip4’ that has an additional 108 amino acid upstream of the N-terminal RUN domain (Figure 1A). They were both shown to interact with the small endosomal GTPases Rab4, Rab5, and Rab14 (Fouraux et al., 2004; Vukmirica et al., 2006; Table 1). RUFY1 inactivation inhibits efficient recycling of endocytosed transferrin, implicating RUFY1 in the regulation of EE functions through cooperative interactions with Rab4 and Rab14 (Cormont et al., 2001; Yamamoto et al., 2010; Nag et al., 2018). This was further demonstrated by the alteration of epidermal growth factor receptor endocytic trafficking kinetics in cells depleted of RUFY1 (Gosney et al., 2018) and the hijacking of RUFY1 by the bacteria P. gingivalis to escape lysosomal degradation (Takeuchi et al., 2016). In melanocytes, RUFY1 was found to form a complex with rabenosyn-5, KIF3A-B, Rab4A and adaptor protein-3 (AP-3) to differentially regulate tyrosinase-related protein-1 and tyrosinase sorting in endosomes, contributing to melanosome maturation (Nag et al., 2018; Table 1). Moreover, silencing the Rabip4’ isoform of RUFY1 was shown to promote outgrowth of plasma membrane protrusions, and to regulate the spatial distribution of lysosomes at their tips, through an interaction with AP-3 (Ivan et al., 2012; Figures 1B, 4B). RUFY1 is also capable of controlling cell migration by regulating integrin trafficking (Vukmirica et al., 2006), presumably via endocytosis. In full agreement with a role of RUFY1 in regulating endosomal dynamics, a single nucleotide polymorphism (S705A) in the rufy1 gene was associated with high blood glucose levels and type 2 diabetes mellitus susceptibility in an exome-wide association study (EWAS; Yamada et al., 2017). This result is consistent with the early finding that Rabip4 expression leads to Glucose transporter-1 (Glut-1) intracellular retention (Cormont et al., 2001). Interestingly RUFY1 display a SH3-binding motif “PxxPxP” embedded in the FYVE domain and is able to interacting with the epithelial and endothelial tyrosine kinase (ETK), and possibly regulates endocytosis through this interaction (Yang et al., 2002). Another EWAS, aiming to find early-onset Alzheimer’s Disease (AD) susceptibility genes, identified RUFY1 among genes involved in endo-lysosomal transport and known to be important for the development of AD (Kunkle et al., 2017; Figure 4C).


TABLE 1. Summary of RUFY proteins functional interactions.
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RUFY2

RUFY2 (or Leucine zipper FYVE-finger protein, LZ-FYVE) is a 75 kDa protein originally identified as an activating transcription factor-2 interactor embryogenesis (Dunkelberg and Gutierrez-Hartmann, 2001), preferentially located in the nucleus and expressed during. After development, RUFY2 expression remains high in the brain, lung, liver and the gastrointestinal tract (Yang et al., 2002). RUFY2 displays two N-terminal leucine zipper domains as well as a C-terminal FYVE-finger domain. Although it is likely to have a nuclear function at early stages of embryonic development, the presence of a FYVE domain suggests a cytoplasmic role for RUFY2 in regulating membrane traffic in fully differentiated cells. Importantly, the RUN domain of RUFY2 was shown to associate specifically with the Golgi complex-associated Rab33A (Fukuda et al., 2011; Table 1). Given the reported interaction of Rab33A and Rab33B with Atg16L and its putative role in regulating autophagy (Fukuda and Itoh, 2008), RUFY2 could contribute to autophagosome formation through a dual interaction with Rab33A and PtdIns(3)P on omegasomes (Figures 1B, 4B). Irrespective of its function, rufy2 expression is subject to modulation by the micro RNA miR-155 (Bofill-De Ros et al., 2015), which is an important regulator of immune cells development and inflammatory responses (Ceppi et al., 2009). The rufy2 gene is also frequently found mutated in cancer cells, with the most frequent mutations converting it into a strong target for nonsense mediated mRNA decay, thereby decreasing considerably its expression (Shin et al., 2011; Figure 4C).



RUFY3

RUFY3, also known as Rap2-interacting protein X (RIPX) (Kukimoto-Niino et al., 2006) or Single Axon-Related 1 (Singar1) (Mori et al., 2007), is the best characterized member of the RUFY family. RUFY3, the smallest of the RUFY proteins with a molecular weight of 53 kDa (Figure 1A), is mostly expressed in neurons (Kitagishi and Matsuda, 2013). Neuronal RUFY3 is atypical, since it lacks a FYVE domain and is considered as part of the RUFY family based on strong sequence similarities with the other members, notably in the RUN and coiled-coil domains (Figure 2A). RUFY3 is distributed between the cytosol and at the plasma membrane, but not in intracellular vesicles, presumably because it lacks a FYVE domain. In artificial conditions, like following expression of the dominant gain of function mutant form of Rab5 (Q79L) in U937 cells, RUFY3 was found associated in large vesicle structures and to co-immunoprecipitate with Rab5, via an interaction with its carboxyl terminal domain and surprisingly not its RUN domain (Yoshida et al., 2010). Like RUFY2, RUFY3 was also shown in a 2-hybrid screen and by co-immunoprecipitation to bind Rab33, through its coiled-coil domain 1 (CC1; Fukuda et al., 2011). In 293T and 3Y1 cell lines however, RUFY3 was shown not to interact with several small GTPases, including Rab2, Rab5, Rab7, Rho, and Ras. This suggests that either RUFY3 requires cell specific partner proteins or post-translation modifications to be able to bind to small GTPases. RUFY3 was first described as interacting with Rap2, a small Ras-like GTPase, via a 173 residue fragment (83–255) located in the RUN domain (Janoueix-Lerosey et al., 1998; Kukimoto-Niino et al., 2006; Table 1). Together with Rap1, Rap2 interacts with Ras effectors, such as Raf, PI3K, and Ral guanine nucleotide dissociation stimulator, inhibiting activation of their downstream targets, and thus suppressing Ras oncogenic activity (Kukimoto-Niino et al., 2006; Nussinov et al., 2020). In the adult nervous system, Rap1 and Rap2 also regulate the maturation and plasticity of dendritic spine and synapses. By forming a complex together with Rap2 and Fascin, RUFY3 interacts with the filamentous actin network and controls the growth of axons and neuronal growth cone (Wei et al., 2014; Table 1). Recent mechanistic studies indicate that RUFY3 accumulates in lipid rafts by forming a Glycoprotein M6A (GPM6a)-RUFY3-Rap2-STEF/Yial2 complex (Honda et al., 2017a; Table 1). This complex activates the Rac guanine nucleotide exchange factor (Honda et al., 2017b), impacting actin organization and promoting neuronal polarity and growth (Figure 4B). RUFY3 seems therefore to have different axogenic functions in brain (Mori et al., 2007; Honda et al., 2017b) and not surprisingly, roles for RUFY3 in amyotrophic lateral sclerosis (Arosio et al., 2016), major depressive disorder (Aberg et al., 2018) and AD (Zelaya et al., 2015) have been reported. Olfactory dysfunction occurs in 90% of AD cases and is correlated with elevated rufy3 expression in glomerular and mitral layers of the olfactory bulb (Zelaya et al., 2015). RUFY3 is cleaved by caspase 3 and critically required for caspase-mediated degeneration of tropomyosin receptor kinase A positive sensory axons in vitro and in vivo (Hertz et al., 2019; Figure 4C). Removal of neuronally enriched RUFY3 is able to block caspase 3-dependent apoptosis, while dephosphorylation of RUFY3 at residue S34 appears required for its degradation (Hertz et al., 2019). Analysis of rufy3-deficient mice supports a second distinct function for RUFY3 in neuronal growth and polarity, since mutant embryos show defects in axonal projection patterns. These occur in addition to the prevention of CASP3-dependent apoptosis in dorsal root ganglions. RUFY3 appears therefore to be key for nervous system development, remodeling and function, explaining the embryonic lethality displayed upon rufy3 genetic inactivation in mouse (Hertz et al., 2019).

With the current advance in genomics and single cell RNA sequencing, specific gene expression patterns can be revised and more accurately defined. Analysis of several genomic databases (BioGPS, NCBI, Human Atlas Protein, ImmGen, Ensembl) reveal that, in addition to neurons, RUFY3 expression can be detected in other tissues and cell types. Moreover, the rufy3 gene appears to have many transcriptional variants, leading to the expression of different protein isoforms. Two of these isoforms display a C-terminal region extended by 150 amino acids, compared to the previously identified neuronal isoform of RUFY3. Importantly, these previously uncharacterized longer isoforms (RUFY3XL) possess the same RUN domain and a putative FYVE domain in their C-terminus (Figure 1A), indicating that RUFY3 is a legitimate member of the RUFY family. In contrast to classic FYVE zinc fingers, genomic databases reveal this putative FYVE domain appears to lack the tandem histidine residue cluster that defines affinity for PtdIns(3)P (Figure 3B). Interestingly, the SH3 binding site embedded in the RUFY1 and RUFY2 FYVE domains is also present in RUFY3XL, suggesting a potential signal transduction activity for this uncharacterized isoform. The translation of rufy3xl mRNA into a functional protein and its capacity to bind PtdIns(3)P remain to be demonstrated. If true, a role for RUFY3 in the coordination of endosome dynamics or organelle transport could be hypothesized. This idea is supported by the observation that RUFY3 is present in Staufen2-containing messenger ribonucleoprotein particles, that are used to transport mRNAs along neuronal dendrites to their site of translation (Maher-Laporte et al., 2010). FYVE proteins have already been implicated in endosome-mediated transport of mRNP (Pohlmann et al., 2015) and RUFY3XL could therefore also perform this function. The existence of FYVE domain bearing isoforms, might extend and diversify its function in other specialized cells.



RUFY4

RUFY4 is a 64 kDa that is atypical among the RUFY family members, since it bears several non-conserved residues in its RUN domain and it lacks the tandem histidine cluster and the SH3 binding domain normally present in the FYVE domain (Figures 1A, 3A,B). RUFY4 was shown to interact with PtdIns(3)P enriched membranes (Terawaki et al., 2015, 2016). Interestingly, EMBL-EBI and SMART genomic databases show that rufy4 is present only in mammals, suggesting that rufy4 is the most recently evolved gene in the RUFY family (Figure 2). RUFY4 levels are extremely low in most cells and tissues with the exception of lungs and lymphoid organs. RUFY4 was found to be strongly induced in vitro in dendritic cells differentiated from bone marrow progenitors in presence of GM-CSF and IL-4. In vivo, its expression was confirmed in alveolar macrophages and in lung dendritic cells isolated from asthmatic mice (Terawaki et al., 2015). RUFY4 interacts with Rab7 through its RUN domain and promotes the generation of large autophagosomes (Terawaki et al., 2015; Figure 4B and Table 1). RUFY4 over-expression induces the degradation of the autophagy effector LC3/ATG8 and triggers clustering of LAMP1-positive late endosomal compartments. These compartments are distinct from large abnormal autophagosome-like structures positive for RUFY4 and Syntaxin-17, a Qa SNARE involved in autophagosome formation and fusion (Figure 4C). RUFY4 was also proposed to interact with PLEKHM1 and the HOPS complex, which are implicated in LE and lysosome dynamics and positioning (Terawaki et al., 2016). RUFY4 seems therefore able to harness the classical autophagy machinery to facilitate autophagosome formation and increase autophagy flux by acting at different biochemical steps (Terawaki et al., 2015). By optimizing effector protein activity and organelle distribution, RUFY4 expression facilitates the elimination of both damaged mitochondria and intracellular bacteria in phagocytes. RUFY4 expression in HeLa cells can prevent replication of Brucella abortus (Terawaki et al., 2015) and Salmonella typhimurium (Lassen et al., 2016) suggesting that RUFY4 has a key role in anti-bacterial responses in the lung. It also potentially acts to drive immunity though the regulation of endocytosis and autophagy, necessary for the presentation at the cell surface of antigens from intracellular pathogens (Terawaki et al., 2015).



FYCO1

FYCO1 is a 150 kDa protein bearing a RUN and a FYVE domains. In several databases, fyco1 was misidentified as rufy3, although these two genes are present on completely distinct chromosomes, in human chromosome 3 and 4, respectively. At the sequence level, although it is larger, FYCO1 appears to be a RUFY4 ortholog gene (Figures 3A,B), suggesting that FYCO1 belongs to the RUFY family. We therefore propose that it could be annotated as RUFY5 to fit the family nomenclature. Separating its N-terminal RUN domain from the FYVE zinc finger, FYCO1 has several CC domains, as well as a LC3/ATG8 Interacting Region (LIR) and a Golgi Dynamic (GOLD) domain in its C-terminus (Figure 1A). FYCO1 preferentially interacts with MAP1LC3A/B of the Atg8-familly proteins through its LIR (Olsvik et al., 2015; Cheng et al., 2016). Coiled-coil domains promote FYCO1 dimerization and have been shown to mediate the formation of a complex with Rab7, via a part of the CC located upstream of the FYVE domain (Pankiv et al., 2010; Wang et al., 2011; Table 1). Overexpression of FYCO1 was shown to redistribute LC3- and Rab7-positive structures to the cell periphery in a microtubule-dependent manner (Pankiv et al., 2010). This effect is mediated by the central part of the CC region and suggests a role for FYCO1 in the transport of autophagic vesicles (Figure 4B). The capacity of FYCO1 to interact with Rab7 and LC3A/B on the external surface of autophagosomes, and PtdIns3P enriched membranes through its FYVE domain, is likely to be key to its function as an adaptor protein. Indeed, these interactions allow microtubule plus end-directed transport and protrusion of endocytic organelles, including autophagosomes (Pankiv and Johansen, 2010), LE (Raiborg et al., 2015, 2016), lysosomes (Mrakovic et al., 2012; Hong et al., 2017; Lie and Nixon, 2019), and phagosomes (Ma et al., 2014). Endoplasmic reticulum (ER) and endosomes are connected through contact sites, the numbers of which increase as endosomes mature. The functions of such sites include to control the association of endosomes with the minus-end-directed microtubule motor dynein and to mediate endosome fission. Repeated LE–ER contacts promote microtubule-dependent translocation of LEs to the cell periphery and subsequent fusion with the plasma membrane (Raiborg et al., 2016). Such fusion induces outgrowth of protrusions and neurites in the neuroendocrine cell line PC12, which require the ER-associated protein protrudin on the ER and FYCO1 to interact with LEs and kinesin 1 (Krauß and Haucke, 2015; Table 1). FYCO1 has been described as a novel mediators of invalopodia formation and function of Protrudin-mediated ER–endosome contact sites (Pedersen et al., 2020). Multiple studies highlight the critical function of FYCO1 in autophagy and autophagosome/endosome trafficking (Dionne et al., 2017) with pathological consequences arising when FYCO1 function is altered (Figures 4B,C). Mutations in the fyco1 gene affect autophagy and cause autosomal-recessive congenital cataracts by altering lens development and transparency in patients (Chen et al., 2011, 2017; Brennan et al., 2012; Costello et al., 2013; Chauss et al., 2014; Frost et al., 2014; Khan et al., 2015; Gunda et al., 2018; Li et al., 2018). Sequencing studies of candidate genes potentially involved in several neuromuscular or neurodegenerative diseases have identified rare variants of autophagy related proteins like VCP and SQSTM1. Among these genes, a missense fyco1 variant was identified to cause sporadic inclusion body myositis (Güttsches et al., 2017; Rothwell et al., 2017; Britson et al., 2018; Figure 4C). Finally FYCO1 has been implicated in the autophagic clearance of specialized particles or aggregates, like male germ cell-specific RNP ribonucleoprotein granules (Da Ros et al., 2017), post-mitotic bodies (Dionne et al., 2017) or α-synuclein aggregates (Saridaki et al., 2018).


RUFY Proteins and Cancer

As describe above, RUFY proteins play a central role in cellular functions by regulating vesicular trafficking and its interactions with the cytoskeleton. Neuronal deficit and neurodegeneration are the most obvious manifestations of RUFY proteins alteration. Not surprisingly, however, given their relatively broad adaptors functions, RUFY proteins have taken center stage in the oncology field.

The ETK tyrosine kinase has been shown to play a pivotal role in a variety of cellular processes including proliferation, differentiation, motility, and apoptosis (Yang et al., 2002; Kung, 2011; Zhuang et al., 2014; Wang et al., 2018). Tyrosine phosphorylation of RUFY1 by ETK appears to be important for its endosomal localization and could play an important role promoting tumoral transformation by affecting downstream effectors of PI3-kinase. RUFY1 was also shown to interact with podocalyxin-like protein (PODXL), a transmembrane glycoprotein with anti-adhesive properties associated with poor prognosis of several cancers (Taniuchi et al., 2018; He et al., 2020; Table 1). Gastric cancer progression is significantly increased upon PODXL expression, a phenotype reduced by concomitant RUFY1 silencing. Depletion of RUFY1 inactivates the PI3K/AKT, NF-κB and MAPK/ERK signaling pathways and reduces drastically migration and invasion of cancer cells in vitro (Zhi et al., 2019). Given the positive correlation between podxl and rufy1 expression in tissues and serum, rufy1 was proposed as a potential biomarker for gastric cancers stratification (Zhi et al., 2019; Figure 3C). Like RUFY1, a role for RUFY2 in various cancer has been reported (Shin et al., 2011; Zheng et al., 2014; Staubitz et al., 2019). Rufy2 is one of the most frequently mutated genes in high-microsatellite instability tumors and colorectal cancer (Shin et al., 2011). Gene rearrangement of the proto-oncogene ret with rufy2 have been shown to drive tumorigenesis in lung adenocarcinoma (Zheng et al., 2014) and papillary thyroid carcinoma (Staubitz et al., 2019). The gene rearrangement leads to a fusion of the RET tyrosine kinase domain with RUFY2 RUN domain and coiled-coil domain; this appears to be critical for tumorigenesis (Staubitz et al., 2019; Table 1). Rufy2 mRNA is the target of several microRNAs, including miR-146a, miR-196a-5p and miR-155 (Bofill-De Ros et al., 2015). Dysregulated microRNA targeting of RUFY2 expression was found important for the development of human glioblastoma and ovarian cancer, suggesting a tumor suppression role for RUFY2 (Lukács et al., 2019; Zheng et al., 2020; Figure 4C). Given the key role of RUFY3 in cell migration, membrane transport, and cellular signaling, through its interaction with rap2, it is not surprising that RUFY3 dysregulation has been implicated in several cancer processes and metastatic tumor spread. The abnormal expression of RUFY3 is linked to poor prognosis. It can promote growth, invasion and metastasis in lung adenocarcinoma, gastric cancer cells or colorectal cancer (Xie et al., 2017a, b; Men et al., 2019; Zhu et al., 2019). RUFY3 overexpression and its interaction with P21-activated kinase-1 (PAK1) leads to the formation of F-actin-enriched protrusive structures, increased epithelial-mesenchymal transition and gastric cancer cell migration (Kumar and Vadlamudi, 2002; Vadlamudi and Kumar, 2003). Several transcription factors, including Forkhead box k1 (FOXK1) and Homebox D9 (HOXD9) involved in cancer progression (Moens and Selleri, 2006; Tabuse et al., 2011; Lv et al., 2015; Peng et al., 2016; Wu et al., 2016; Liu et al., 2018; Zhu et al., 2019), have been shown to regulate RUFY3 expression and activity (Xie et al., 2017a; Zhu et al., 2019; Table 1). So far, no correlation has been found between RUFY4 and any type of cancer. FYCO1 has also been implicated in colorectal cancer progression (Sillars-Hardebol et al., 2010) and recent studies have concluded that FYCO1 may serve as a biomarker in bladder cancer (Eissa et al., 2017) or hepatocellular carcinoma (Vongchan and Linhardt, 2017; Figure 4C). Plus, FYCO1 can indirectly associated with cell invasion (Pedersen et al., 2020).



CONCLUSION

Although they have been poorly characterized to date, RUFY proteins play a central role in cellular homeostasis by regulating endocytosis, autophagy and coordinating organelle transport with signal transduction cascades. It is important to note that RUFY proteins also provide a regulatory link between cytoskeletal dynamics and membrane trafficking. Consequently, these proteins have adaptive functions by acting on localized actions (through PtdIns(3)P) and signaling (through small GTPases), which can affect key biological functions in specialized cells, such as migration, tissue repair or targeted secretion. The dysregulated expression of RUFY proteins has therefore severe consequences on cell differentiation and polarization, causing cancers or neurodegenerative diseases. However, further molecular and physiological analyses will be required to understand how these proteins exert their functions in specialized cell types like immune cells or neurons. Immunocytes require endocytosis and migration to perform their functions within primary and secondary lymphoid organs or at sites of infection. The restricted expression of RUFY4, as well as the existence of splicing variants of RUFY3 in alveolar macrophages and dendritic cells, suggest a role for these molecules in phagocytes. Of importance will be the characterization of the different molecules interacting either with their RUN or FYVE domains in a cell specific manner. Identification of these RUFY’s interactors will be crucial to establish the functionality of the domains and their importance for signaling on one end and subcellular targeting at the other end. The coiled-coil structural domains found in the central part of the RUFY proteins should also be scrutinized. CC domains, in addition to support homodimerization and increase affinity for PtdIns(3)P, could also be determinant in promoting RUFY proteins interactions with effector molecules, like Rab7, as observed for FYCO1. The nature and pattern of expression of these effector molecules will allow to sort the different activities displayed by the RUFYs in individual cell types and thereby shed light on their physiological importance in health and diseases.
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Primary cilia are specialized cellular structures that project from the surface of most cell types in metazoans and mediate transduction of major signaling pathways. The ciliary membrane is contiguous with the plasma membrane, yet it exhibits distinct protein and lipid composition, which is essential for ciliary function. Diffusion barriers at the base of a cilium are responsible for establishing unique molecular composition of this organelle. Although considerable progress has been made in identifying mechanisms of ciliary protein trafficking in and out of cilia, it remains largely unknown how the distinct lipid identity of the ciliary membrane is achieved. In this mini review, I summarize recent developments in characterizing lipid composition and organization of the ciliary membrane and discuss the emerging roles of lipids in modulating activity of ciliary signaling components including ion channels and G protein-coupled receptors.
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INTRODUCTION

Cilia (or flagella) are hair-like cellular projections that are highly conserved across eukaryotes (Carvalho-Santos et al., 2011). Based on their structural features, cilia are classified into motile and non-motile subtypes. Non-motile cilia, also known as primary cilia, are present on nearly all vertebrate cell types and function as signaling hubs during development and in differentiated tissues. In fact, components of all major signaling pathways including Hedgehog (Hh), Wnt, Notch, transforming growth factor β, G protein-coupled receptors (GPCRs), receptor tyrosine kinases, and extracellular matrix receptors localize to cilia and require these organelles for proper transduction (Mykytyn and Askwith, 2017; Anvarian et al., 2019). While most cells in the human body possess a solitary primary cilium, motile cilia are also present on the surface of some specialized cells in the airway, oviduct, and brain ventricles (Brooks and Wallingford, 2014). Like their non-motile counterparts, motile cilia can detect and transmit diverse sensory cues in addition to beating and propelling fluids (Bloodgood, 2010). Due to the central role of cilia in signaling and their nearly ubiquitous distribution across human tissues, perturbations in cilia structure and/or function manifest in a spectrum of genetic disorders called ciliopathies (Reiter and Leroux, 2017). These diseases affect most human organ systems and present with pleiotropic developmental and adult phenotypes that include blindness, kidney and heart disease, obesity, and cognitive deficits (Badano et al., 2006).

Since the discovery of motile cilia in the 17th century by Antonie van Leeuwenhoek until the early 2000s, cilia research was rather scarce and focused primarily on the axoneme – the microtubule backbone of the organelle (Bloodgood, 2009). It was at the dawn of the 21st century, when the sensory functions and clinical relevance of cilia were broadly demonstrated, that an interest in cilia surged, and attention of the scientific community shifted to the ciliary membrane. Unlike other cellular organelles, cilia are not fully enclosed by membrane. Instead, the ciliary membrane is continuous with the plasma membrane, and at their base, cilia are exposed to the cytosol. Despite continuity with the plasma membrane, the ciliary membrane exhibits a unique protein and lipid composition that is maintained, at least in part, by multiple diffusion barriers at the cilia base (Verhey and Yang, 2016). During the last two decades, much progress has been made in identifying the protein constituents of the ciliary membrane and molecular mechanisms of their trafficking in and out of cilia (Nachury and Mick, 2019). In contrast, the ciliary lipidome or mechanisms controlling its establishment are only starting to come to light.

This mini-review briefly summarizes current knowledge about ciliary membrane lipid composition and the molecular mechanisms that regulate ciliary lipid content. I also discuss the emerging roles of lipids in cilia signaling and outline major outstanding questions regarding the roles of lipids in modulating cilia-based pathways and shaping ciliary membrane morphology. Addressing these questions in the future may provide insight into human pathological conditions linked to altered membrane lipid constitution.



CILIA ARCHITECTURE

The cilium is comprised of a core microtubule-based structure called the axoneme ensheathed by a specialized membrane. Nine radially symmetric microtubule doublets (A- and B-tubules) of the axoneme extend from the basal body – a modified mother centriole, which nucleates the axoneme and anchors the cilium at the cell surface (Ishikawa and Marshall, 2011; Figure 1A). In addition to the nine peripheral microtubule doublets, the axoneme of the motile cilium typically contains a central pair of singlet microtubules required for ciliary beating (9 + 2 arrangement), while the axoneme of the primary cilium lacks it (9 + 0 arrangement) (Satir and Christensen, 2007; Figures 1B,C). Most motile cilia also have radial spokes and inner and outer dynein arms attached to the microtubule doublets of the axoneme to drive motility (Ishikawa, 2017; Figure 1B).
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FIGURE 1. The structural organization of the cilium. (A) Diagram of a cilium depicting major structural components and ciliary sub-compartments. (B,C) Cross-section schematics of a typical motile (B) and primary (C) cilium. BB, basal body; TZ, transition zone.


Since there are no ribosomes inside the cilium, all ciliary proteins are imported from the cytosol. The transition zone (TZ), which constitutes the proximal 0.5–1.0 μm of the axoneme, is comprised of several macromolecular complexes that serve as a gate controlling selective entry and exit of ciliary cargoes. At the ultrastructural level, the TZ is characterized by Y-shaped fibers (Y-links) connecting the microtubule doublets of the axoneme to the ciliary membrane (Blacque and Sanders, 2014; Garcia-Gonzalo and Reiter, 2017; Figure 1A). Together with the transition fibers, which anchor the basal body to the membrane, Y-links provide a physical barrier that separates the cilium proper from the cytoplasm, and the membrane attachment points of the transition fibers demarcate the boundary between the plasma and ciliary membranes. Cilia assembly and maintenance are mediated by a bi-directional transport system called intraflagellar transport (IFT). Microtubule motors in conjunction with three multi-subunit complexes – IFT-A, IFT-B, and the Bardet–Biedl syndrome (BBS)ome – traffic proteins along the axoneme between the ciliary base and tip (reviewed in Taschner and Lorentzen, 2016; Wingfield et al., 2018; Figure 1A). Notably, mutations in genes encoding components of the basal body, TZ, and IFT are associated with ciliopathies including Meckel-Gruber and Joubert syndromes, nephronophthisis, polycystic kidney disease, and Bardet–Biedl syndrome, underscoring the importance of cilia in human health (Reiter and Leroux, 2017).



LIPID COMPOSITION OF THE CILIARY MEMBRANE


Polyphosphoinositide Distribution and Roles in Ciliary Protein Trafficking

Considerable progress has been made in understanding how cilia establish their unique protein content (reviewed in Garcia-Gonzalo and Reiter, 2017; Mukhopadhyay et al., 2017; Morthorst et al., 2018; Nachury and Mick, 2019). On the other hand, much remains to be discovered about how cells maintain the ciliary membrane lipid identity. Some lipid biosynthetic enzymes localize to distinct sub-ciliary compartments and locally modulate membrane lipid composition. Conversion of polyphosphoinositides (PPIs) by multiple kinases and phosphatases provides the best-known example of lipid generation at local sites in the ciliary membrane. Polyphosphoinositides are signaling lipids generated by reversible phosphorylation of phosphatidylinositol (PI) at positions 3, 4, and 5 of its inositol ring (Balla, 2013). These phosphorylation derivatives of PI populate distinct membrane domains within cells, where they regulate many aspects of cellular physiology (Di Paolo and De Camilli, 2006). The ciliary membrane in mammals and sea urchin contains high levels of phosphatidylinositol-4-phosphate [PI(4)P] relative to the adjacent plasma membrane (Chávez et al., 2015; Garcia-Gonzalo et al., 2015). In contrast, phosphatidylinositol-4,5-bisphosphate [PI(4,5)P2] is largely depleted from the ciliary membrane in mammals, Caenorhabditis elegans, Drosophila melanogaster, and Trypanosoma brucei. Instead, PI(4,5)P2 localizes to distinct membrane domains at the cilia base creating a sharp boundary in PPI composition (Chávez et al., 2015; Garcia-Gonzalo et al., 2015; Jensen et al., 2015; Park et al., 2015; DiTirro et al., 2019; Dyson et al., 2017; Figure 2A). In retinal pigmented epithelial cells and primary mouse embryonic fibroblasts, PI(4,5)P2 is concentrated at the TZ, which also contains phosphatidylinositol-3,4,5-trisphosphate [PI(3,4,5)P3] (Dyson et al., 2017). Conversely, in C. elegans neurons and T. brucei, PI(4,5)P2 is enriched in an endocytic membrane domain (periciliary membrane compartment/ciliary pocket), which lies proximal to the TZ (Demmel et al., 2014; Jensen et al., 2015; DiTirro et al., 2019). In photoreceptors, while PI(4,5)P2 is also largely excluded from the outer segment (OS), which is a modified cilium, PI(4)P localizes to the OS as well as inner segment and perinuclear regions (Nasuhoglu et al., 2002; Finkelstein et al., 2020; Figure 2B). More studies are needed to systematically evaluate PPI composition across all ciliated cell types and to better understand the physiological significance of cell-specific differences in PPI composition and sub-ciliary distribution.
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FIGURE 2. Lipid composition of the ciliary membrane. (A) Schematic representation of PPI distribution in the ciliary membrane of mammalian cells. BB, basal body; TZ, transition zone. (B) Distribution of the indicated PPI species in rod photoreceptors of mammalian retina. (C) Intraciliary localization of PI(4)P and PI(4,5)P2 in mammalian wild-type and Inpp5e mutant cells. Distribution of Tulp3/IFT-A trafficking complex and its GPCR cargo in control and Inpp5e mutant cells is also shown. (D) PPI species and a subset of PPI metabolizing enzymes that have been reported inside cilia. The presence of PI(3,4)P2 in the ciliary membrane is inferred based on intraciliary localization of Inpp5e and its substrate PI(3,4,5)P3 (Moore et al., 2016; Dyson et al., 2017). DAG, diacylglycerol, IP3, inositol 1,4,5-trisphosphate, PLC, phospholipase C. (E) Diagrammatic representation of changes in PPI composition at the TZ in response to Hh pathway activation. Blue and orange arrows mark direction of the observed changes in PI(4,5)P2 and PI(3,4,5)P3 levels, respectively, in the wild-type SAG-treated or untreated control cells. (F) A schematic representation of major raft-associated components (proteins and lipids) known to be enriched in the ciliary membrane. Dashed lines at cilia base represent condensed lipid microdomains detected by Laurdan microscopy in some cell types. (G) A schematic diagram of the mammalian rod photoreceptor. Inset shows an enlarged view of the disc and surrounding OS plasma membrane highlighting their distinct lipid content. PUFAs, polyunsaturated fatty acids.


How does the cilium maintain a unique PPI distribution? Inpp5e inositol polyphosphate-5-phosphatase, which converts PI(3,4,5)P3 and PI(4,5)P2 into PI(3,4)P2 and PI(4)P, respectively, localizes to mammalian cilia (Bielas et al., 2009; Jacoby et al., 2009; Luo et al., 2012, 2013). Mutations in INPP5E cause Joubert and MORM (mental retardation, truncal obesity, retinal dystrophy, and micropenis) syndromes in humans, and Inpp5e knockout mice display phenotypes consistent with ciliopathies (Jacoby et al., 2009). In the absence of Inpp5e, PI(4,5)P2 accumulates in the cilium, while ciliary PI(4)P levels drop (Chávez et al., 2015; Garcia-Gonzalo et al., 2015; Figure 2C). Similarly, in fly and worm sensory neurons, loss of INPP5E orthologs leads to increased PI(4,5)P2 levels in cilia (Park et al., 2015; DiTirro et al., 2019). Together, these findings are consistent with the model that PI(4,5)P2 diffuses laterally from the plasma to the ciliary membrane, where it is converted to PI(4)P by Inpp5e. Two other inositol polyphosphate-5-phosphatases (Inpp5b and Ocrl) have been reported to localize inside cilia of mammalian cells (Bielas et al., 2009; Jacoby et al., 2009; Luo et al., 2012, 2013). Mutations in human OCRL cause Lowe syndrome, a multisystemic disorder with characteristics of a ciliopathy, and cilia from Lowe syndrome patient fibroblasts contain high levels of PI(4,5)P2 and low levels of PI(4)P similarly to Inpp5e mutant cilia (Coon et al., 2012; Prosseda et al., 2017). Therefore, it is likely that several inositol polyphosphate-5-phosphatases contribute to the ciliary membrane PPI composition (Figure 2D). It is tempting to speculate that differences in cell and tissue distribution of PPIs and their metabolizing enzymes might contribute to symptomatic variability observed in patients carrying mutations in inositol polyphosphate-5-phosphatases (e.g., cataracts in Lowe and MORM patients versus retinitis pigmentosa in Joubert patients) (Hampshire et al., 2006; Madhivanan et al., 2012; Wang et al., 2018).

Beside inositol polyphosphate-5-phosphatases, several other phospholipid-metabolizing enzymes have been reported in the photoreceptor OS, where lipid metabolism has been extensively studied (reviewed in Giusto et al., 2000; Rajala, 2020; Wensel, 2020). Among these enzymes are phosphatidylinositol 3-kinase, which converts PI, PI(4)P, and PI(4,5)P2 into PI(3)P, PI(3,4)P2, and PI(3,4,5)P3, respectively, and phospholipase C, which cleaves PI(4,5)P2 to generate second messengers inositol 1,4,5-trisphosphate and diacylglycerol (Figure 2D). More studies are needed, however, to fully understand how ciliary phospholipid composition is modulated by these enzymes in different contexts, and how it contributes to cilia-mediated cellular functions. Since PPIs constitute <1% of total phospholipid mass in eukaryotic cells, with PI(4)P and PI(4,5)P2 being most abundant (∼0.05% each) (Fliesler and Anderson, 1983; Lemmon, 2008), PPI detectability in ciliary membranes presents a technical challenge. Development of more sensitive tools such as a recently reported ELISA-based method (He et al., 2016) is necessary to accurately measure these low-abundance lipids.

Although it remains to be determined whether diffusion barriers at the cilia base directly influence PPI distribution, the intact TZ is required for ciliary localization of Inpp5e. Mutations in TZ genes Tctn1, Tmem231, B9d1, and Mks1 disrupt Inpp5e ciliary localization (Garcia-Gonzalo et al., 2015; Roberson et al., 2015; Slaats et al., 2016; Goetz et al., 2017). The same genes are also necessary for ciliary localization of a small GTPase Arl13b, which regulates trafficking of several ciliary proteins, including Inpp5e. Thus, it is conceivable that the Tmem231/B9d1/Mks1/Tctn1 TZ complex localizes Inpp5e to the cilium via Arl13b, thereby indirectly regulating ciliary PPI distribution (Garcia-Gonzalo et al., 2011; Humbert et al., 2012).

PPIs can also directly bind to transmembrane proteins (Balla, 2013). Interestingly, the TZ levels of Mks1/Tctn1/Tmem231/B9d1 following SAG (Smoothened receptor agonist) treatment are lower in Inpp5e null compared to wild-type embryonic fibroblasts. Additionally, cilia base localization of the oligomeric GTPase Septin2 was similarly reduced under these conditions (Dyson et al., 2017). Septins interact with phospholipids including PI(4,5)P2, which in turn facilitate septin filament polymerization (Mostowy and Cossart, 2012). Like TZ proteins, septins localize to the cilia base, where they are proposed to form a diffusion barrier between the plasma and ciliary membranes and regulate localization of select TZ proteins including Tmem231 and B9d1 (Hu et al., 2010; Chih et al., 2012). Catalytic activity of Inpp5e is required for proper localization of TZ proteins and Septin2; therefore, it is likely that Inpp5e-modulated PPI composition at the cilia base can dynamically regulate TZ assembly. Future studies are needed to determine whether PPIs regulate TZ composition via direct binding to TZ proteins, indirectly by controlling Septin2 localization, or through other mechanisms.

In addition to regulating the TZ, PPIs play a key role in ciliary import of channels and GPCRs (Badgandi et al., 2017). The tubby family proteins TUB and TULP3 bind membrane PI(4,5)P2 and IFT-A and thereby serve as adaptors for delivery of transmembrane proteins into the cilium (Mukhopadhyay et al., 2010). The current model posits that the interaction of TUB/TULP3 with PI(4,5)P2 in the plasma membrane facilitates association of TUB/TULP3 with transmembrane proteins that are subsequently transported into the cilium via the IFT-A complex. Since the TUB/TULP3 interaction with protein cargoes is PI(4,5)P2-dependent, absence of PI(4,5)P2 in the ciliary membrane causes TUB/TULP3 cargoes to be released inside the cilium after traversing the TZ (Badgandi et al., 2017). Consistent with this model, depletion of Inpp5e and subsequent intraciliary accumulation of PI(4,5)P2 results in increased levels of Tulp3/IFT-A proteins and their transmembrane cargoes such as GPCR Gpr161 – a negative regulator of Shh signaling – inside cilia (Mukhopadhyay et al., 2013; Chávez et al., 2015; Garcia-Gonzalo et al., 2015; Figure 2C). Other ciliary proteins including components of the BBSome (e.g., BBS5) and the exocyst can bind PPIs in vitro suggesting a broad role for phospholipids in mediating ciliary protein trafficking (Liu et al., 2007; Nachury et al., 2007; Jin et al., 2010). Notably, recent cryo-electron microscopy structures of the native BBSome from bovine retina suggested that BBS5 may not bind PPIs in vivo or may do so via an unknown motif or after a conformational change (Singh et al., 2020).

Recent studies in mammals and C. elegans demonstrated that, similar to ciliary protein composition, PPI content of the ciliary membrane is dynamic and can change in response to signaling. For example, C. elegans mutants in odr-1, which encodes a receptor guanylyl cyclase, display elevated levels of intraciliary PI(4,5)P2 relative to wild type in a specialized sensory neuron type (DiTirro et al., 2019). In mammals, activation of Hh signaling with SAG increases PI(3,4,5)P3 while decreasing PI(4,5)P2 levels at the TZ (Dyson et al., 2017; Figure 2E). The latter study also showed that TZ levels of both PPI species were higher in Inpp5e null compared to wild-type cells upon SAG treatment, suggesting that Inpp5e is responsible, at least in part, for signaling-dependent modulation of PPI composition at the TZ. In the rod OS, several studies reported activation of PI-metabolizing enzymes in response to light as well as light-dependent changes in PI(4)P and PI(4,5)P2 levels (reviewed in (Giusto et al., 2000; Wensel, 2020). However, the direction of change in PPI composition differed among studies, and the physiological significance of these effects requires further investigation. It will be interesting to examine whether levels of other ciliary lipids are also modulated by signaling across cell types.



Microdomains of High Lipid Order

Early studies in diverse biological systems detected high levels of sterols and sphingolipids in the ciliary membrane, suggesting the presence of ordered lipid domains (i.e., “lipid rafts”) (Montesano, 1979; Souto-Padron and De Souza, 1983; Kaneshiro et al., 1984; Chailley and Boisvieux-Ulrich, 1985). More recently, sphingolipids including ceramide and raft-associated gangliosides GM1 and GM3 have been identified in primary cilia of Madin–Darby Canine Kidney (MDCK) epithelial cells by immunofluorescence (Janich and Corbeil, 2007; He et al., 2012; Figure 2F). Sphingolipids have also been detected in pure intact flagella of T. brucei using reverse-phase liquid chromatography high resolution tandem mass spectrometry (Serricchio et al., 2015). Membrane microdomains enriched in cholesterol and sphingolipids are resistant to detergent solubilization, and detergent-resistant membranes have been used as a proxy for rafts in studies probing lipid-raft composition (Farnoud et al., 2015). Caveolin-1 – an intra-membranous protein that stabilizes cholesterol-rich raft domains – localizes to the TZ in a cholesterol-dependent manner in mammalian cells and is present in the detergent resistant membranes of the photoreceptor OS (Nair et al., 2002; Lajoie et al., 2009; Schou et al., 2017). Similarly, another lipid raft scaffold flotillin-2 was detected at the TZ in epithelial cells (Schou et al., 2017; Figure 2F). In further support of the raft-like composition of ciliary membranes, the TZ membrane in Chlamydomonas reinhardtii is exceptionally resistant to detergent extraction, and Laurdan microscopy of T. brucei and MDCK cells showed condensed lipid microdomains in the trypanosome flagella and at the base of primary cilia (Kamiya and Witman, 1984; Vieira et al., 2006; Tyler et al., 2009). Collectively, these studies suggest that the ciliary membrane has unique lipid composition with distinct membrane microdomains. More research is needed, however, to determine how distinct membrane lipid domains form and contribute to cilia function.

While select phosphoinositide-metabolizing enzymes localize to cilia and directly modify intraciliary PPI content, none of the enzymes involved in sphingolipid or cholesterol metabolism have been identified inside the cilium to date. The “picket fence model” of membrane compartmentalization may provide one possible mechanism for ciliary lipid organization. This model posits that transmembrane proteins anchored to the actin network act as a “picket fence” impeding diffusion of the adjacent lipid molecules via steric hinderance and hydrodynamic slowing effects (Kusumi et al., 2012). In fact, entire raft assemblies can be confined to distinct membrane compartments by the “picket fence” according to this model. Many ciliary proteins are transmembrane, and therefore may form “pickets” to restrict diffusion of membrane molecules. Furthermore, using cryo-electron tomography, a recent study demonstrated that actin filaments surround and are intertwined with microtubules of the axoneme inside the cilia of MDCKII cells, adding further credence to the “picket fence” model as a possible mechanism of the ciliary membrane compartmentalization (Kiesel et al., 2020). Future work will need to experimentally test this model of ciliary membrane organization and determine whether same or different mechanisms regulate compartmentalization of ciliary membranes across cell types.



LIPIDS IN CILIA-BASED SIGNALING


PPI-Dependent Transmembrane Signaling

PPIs are key mediators of cell signaling in eukaryotes. At the plasma membrane, phospholipase C-dependent hydrolysis of PI(4,5)P2 downstream of growth factor receptors and GPCRs generates second messengers that amplify and transmit signaling from the cell surface downstream (Falkenburger et al., 2010). Furthermore, PI(4,5)P2 and PI(3,4,5)P3 facilitate assembly of signalosomes by recruiting different classes of proteins with lipid-binding domains (reviewed in Prestwich, 2004; Rajala, 2010; Hammond and Burke, 2020). Among PI(3,4,5)P3 interacting proteins are guanine nucleotide exchange factors and GTPase activating proteins for small GTPases as well as kinases and signaling scaffold proteins (Balla, 2013). In photoreceptor cilia, light stimulates PI(3,4,5)P3 binding and subsequent activation of the kinase Akt1 - a major signaling protein downstream of receptor tyrosine kinases (Li et al., 2008). Growth factor-dependent activation of Akt has also been reported at the cilia base in other cellular contexts (Zhu et al., 2009; Wang et al., 2015; Suizu et al., 2016; Walia et al., 2019). More studies are needed, however, to address the contribution of PPIs and their metabolites to cilia-based signaling in different cellular contexts.



Lipid-Dependent Regulation of Ion Channels

Membrane lipids, including phospholipids and cholesterol, can also directly modulate ion channels. For example, PI(4,5)P2 binds to and regulates the activity of voltage- and ligand-gated ion channels, inward rectifier channels, and transporters (reviewed in Suh and Hille, 2008; Duncan et al., 2020). Transient receptor potential (TRP) channels (e.g., PKD2, TRPM4, and TRPC1), voltage-gated potassium channels, cyclic nucleotide-gated channels, and epithelial sodium channels are all targets of PI(4,5)P2-dependent modulation and localize to cilia (Womack et al., 2000; Raychowdhury et al., 2005; Suh and Hille, 2008; Enuka et al., 2012; Flannery et al., 2015; Sanchez et al., 2016). The ciliary channels TRPM4 and PKD2, the latter of which is mutated in autosomal dominant polycystic kidney disease, can also bind cholesterol, suggesting that both lipids may regulate these channels’ activity (Autzen et al., 2018; Wang et al., 2019). Another ciliary channel TRPV4 possesses cholesterol recognition motifs, and both TRPV4 and TRPC1 depend on caveolin-1 and cholesterol for proper positioning in the plasma membrane (Bergdahl et al., 2003; Brazer et al., 2003; Gradilone et al., 2007; Kumari et al., 2015). Since both caveolin-1 and cholesterol have been detected in the ciliary membrane, it is possible that similar mechanisms contribute to TRPV4 and TRPC1 ciliary localization. Function of olfactory cyclic nucleotide-gated channels is also altered by cholesterol depletion (Brady et al., 2004), and both olfactory and cone cyclic nucleotide-gated channels are inhibited by PI(3,4,5)P3 (Zhainazarov et al., 2004; Brady et al., 2006; Bright et al., 2007). Taken together, these studies suggest that PPI and cholesterol compartmentalization of the ciliary membrane may be of major significance for proper function of cilia-localized ion channels. In C. elegans, polyunsaturated fatty acids also modulate function of TRPV ciliary channels, although it remains to be tested whether they do so via direct interactions (Kahn-Kirby et al., 2004). More work is needed to address the contribution of specific lipids to localization and function of different ciliary channels.



Lipid-Mediated Regulation of GPCRs

In addition to regulating channels, membrane lipids interact with and modulate multiple aspects of protein receptor physiology including oligomerization and signaling dynamics. For example, PI(4,5)P2 can bind and stabilize the active conformation of several class A GPCRs (Yen et al., 2018). Many class A GPCRs are present in cilia, where they may be similarly regulated by PPIs (Anvarian et al., 2019). Some ciliary GPCRs transiently pool in the “intermediate compartment” demarcated by the TZ distally and the transition fibers proximally before exiting or re-entering the cilium. This region is enriched in PI(4,5)P2 and may function as a distinct GPCR signaling domain (Ye et al., 2018).

The prototypical GPCR rhodopsin is enriched in the disc membrane of the photoreceptor OS. The rod OS contains a stack of closed membranous compartments (discs) encased by the OS plasma membrane (Figure 2G). Although discs form by evagination of the plasma membrane at the base of the OS followed by apical displacement, disc and OS membrane display distinct lipid composition (Boesze-Battaglia et al., 1994; Ding et al., 2015). For example, the disc membrane is enriched in polyunsaturated fatty acids and low in cholesterol relative to the surrounding OS membrane, suggesting an elaborate lipid sorting mechanism at the base of photoreceptor cilia (Aveldano and Bazan, 1983; Boesze-Battaglia and Schimmel, 1997; Nair et al., 2002; Figure 2G). Unique lipid content of disc and OS plasma membrane is critical for photoreceptor function, as aberrant distribution of cholesterol in the OS membranes is associated with photoreceptor degeneration in rats (Boesze-Battaglia et al., 1994). Both cholesterol and polyunsaturated docosahexaenoic acid interact with rhodopsin but have opposite effects on photocycle kinetics, further highlighting the significance of the lipid environment for receptor and cell function (Albert et al., 1996; Mitchell et al., 2001; Niu et al., 2002; Soubias and Gawrisch, 2005; Grossfield et al., 2006). Membrane cholesterol can also modulate ligand affinity, G protein coupling, and receptor oligomerization in select GPCRs, and membrane docosahexaenoic acid content was suggested to alter receptor oligomerization kinetics (Pucadyil and Chattopadhyay, 2004; Gahbauer and Böckmann, 2016). Cholesterol and endogenous ciliary oxysterols also bind to Smoothened and activate the Hh pathway (Luchetti et al., 2016; Raleigh et al., 2018). Cholesterol accessibility (or chemical activity) is further modulated by sphingolipids, which sequester cholesterol in complexes thereby blocking Hh transduction (Kinnebrew et al., 2019). Besides Hh, sphingolipids regulate several other cilia-based pathways including GPCRs (reviewed in Kaiser et al., 2020). More studies are needed to further evaluate the effects of lipid dynamics on ciliary signaling.



CONCLUSION AND FUTURE PERSPECTIVES

Lipids have recently emerged as critical regulators of cilia function. The distinct lipid composition and compartmentalization of the ciliary membrane are essential for ciliary protein trafficking and transduction of cilia-based signaling cascades. The importance of lipids in cilia biology is further underscored by the fact that many ciliopathies display defects in the membrane lipid organization. Despite the key importance of lipids in cilia biology, our knowledge about cell-specific differences in the ciliary lipid composition, dynamics, and organization in distinct microdomains remains fragmented, as does our understanding of the roles that lipids play in cilia signaling. To bridge this gap in our understanding of cilia biology, systematic analysis of the lipid composition and lipid structure of sub-ciliary compartments in different cellular contexts in vivo is necessary. Ciliary membranes across and within organisms exhibit remarkably diverse morphologies, which are important for cell-specific cilia functions and can be modulated in response to signaling. It will be important to examine whether cell-specific differences in the ciliary lipid composition and/or dynamics also contribute to the morphological diversity of ciliary membranes. Single molecule tracking of specific lipids and mass spectrometry imaging may provide some insight into these outstanding questions and advance our understanding of the repertoire of lipid-mediated physiological functions.
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Membrane tethering is a crucial step to determine the spatiotemporal specificity of secretory and endocytic trafficking pathways in all eukaryotic endomembrane systems. Recent biochemical studies by a chemically-defined reconstitution approach reveal that, in addition to the structurally-diverse classic tethering factors such as coiled-coil tethering proteins and multisubunit tethering complexes, Rab-family small GTPases also retain the inherent membrane tethering functions to directly and physically bridge two distinct lipid bilayers by themselves. Although Rab-mediated membrane tethering reactions are fairly efficient and specific in the physiological context, its mechanistic basis is yet to be understood. Here, to explore whether and how the intrinsic tethering potency of Rab GTPases is controlled by their C-terminal hypervariable region (HVR) domains that link the conserved small GTPase domains (G-domains) to membrane anchors at the C-terminus, we quantitatively compared tethering activities of two representative Rab isoforms in humans (Rab5a, Rab4a) and their HVR-deleted mutant forms. Strikingly, deletion of the HVR linker domains enabled both Rab5a and Rab4a isoforms to enhance their intrinsic tethering potency, exhibiting 5- to 50-fold higher initial velocities of tethering for the HVR-deleted mutants than those for the full-length, wild-type Rabs. Furthermore, we revealed that the tethering activity of full-length Rab5a was significantly reduced by the omission of anionic lipids and cholesterol from membrane lipids and, however, membrane tethering driven by HVR-deleted Rab5a mutant was completely insensitive to the headgroup composition of lipids. Reconstituted membrane tethering assays with the C-terminally-truncated mutants of Rab4a further uncovered that the N-terminal residues in the HVR linker, located adjacent to the G-domain, are critical for regulating the intrinsic tethering activity. In conclusion, our current findings establish that the non-conserved, flexible C-terminal HVR linker domains define membrane tethering potency of Rab-family small GTPases through controlling the close attachment of the globular G-domains to membrane surfaces, which confers the active tethering-competent state of the G-domains on lipid bilayers.
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INTRODUCTION

All eukaryotic cells, from a unicellular yeast to human cells, organize the complex but highly-regulated endomembrane systems, in which diverse cellular components including proteins and lipids are selectively delivered to their correct destinations, such as subcellular organelles, the plasma membrane, or the extracellular space, through secretory and endocytic trafficking pathways (Bonifacino and Glick, 2004). Membrane tethering is a reversible process of the initial physical contact between membrane-bound, cargo-loaded transport carriers (e.g., secretory and endocytic vesicles) and their target subcellular compartments (Pfeffer, 1999; Waters and Pfeffer, 1999; Waters and Hughson, 2000). The process of membrane tethering is vital for determining the spatiotemporal specificity of intracellular membrane trafficking, before the irreversible final steps of membrane docking and fusion mediated by SNARE-family proteins (Jahn and Scheller, 2006), which are another critical layers to confer the fidelity of membrane trafficking (McNew et al., 2000; Parlati et al., 2002; Izawa et al., 2012; Furukawa and Mima, 2014). A large body of prior studies on membrane tethering or vesicle tethering (or capture) have identified a number of the protein components essential for membrane tethering (Yu and Hughson, 2010; Kuhlee et al., 2015; Cheung and Pfeffer, 2016; Spang, 2016; Witkos and Lowe, 2016; Gillingham and Munro, 2019), which include the Uso1/p115 coiled-coil protein (Sapperstein et al., 1995, 1996; Barlowe, 1997; Cao et al., 1998), golgin family coiled-coil proteins (Drin et al., 2008; Wong and Munro, 2014; Cheung et al., 2015), the EEA1 coiled-coil protein (Murray et al., 2016), and a diversified set of multisubunit tethering complexes, such as the HOPS complex (Price et al., 2000; Stroupe et al., 2009; Hickey and Wickner, 2010; Ho and Stroupe, 2015, 2016), the exocyst complex (TerBush et al., 1996; Guo et al., 1999; Rossi et al., 2020), the COG complex (Ungar et al., 2002; Zolov and Lupashin, 2005; Shestakova et al., 2006), the Dsl1 complex (Reilly et al., 2001; Ren et al., 2009; Zink et al., 2009), the GARP complex (Conibear and Stevens, 2000; Pérez-Victoria et al., 2008; Pérez-Victoria and Bonifacino, 2009), and the TRAPP complex (Sacher et al., 2001; Cai et al., 2005, 2007). It is noteworthy that, in addition to these miscellaneous, sequentially- and structurally-diverse classic tethering factors, our recent reconstitution studies have established the inherent tethering functions of human Rab-family small GTPases (Tamura and Mima, 2014; Inoshita and Mima, 2017; Mima, 2018; Segawa et al., 2019), following the pioneering work of Lo et al. (2012) which reported for the first time the intrinsic tethering activity of endosomal Ypt/Rab-family proteins in the yeast Saccharomyces cerevisiae.

Using the chemically-defined reconstitution system with purified proteins of putative membrane tethers or tethering factors and synthetic liposomes for a model lipid membrane, which is known as the most valid experimental approach to investigating whether or not the protein components of interest act as a bona fide membrane tether (Brunet and Sacher, 2014; Mima, 2018), comprehensive analyses of human Rab-family GTPases demonstrated their intrinsic membrane tethering potency to physically link two distinct lipid bilayers by themselves, even in the absence of any other tethering factors previously identified (Tamura and Mima, 2014; Inoshita and Mima, 2017; Mima, 2018; Segawa et al., 2019). Experimental evidence from the reconstitution studies further confirmed the efficiency and specificity of Rab-mediated membrane tethering in the physiological context: (1) A number of representative human Rab-family isoforms can efficiently drive tethering at a physiologically-relevant level of the Rab protein densities on membrane surfaces (Tamura and Mima, 2014; Inoshita and Mima, 2017; Segawa et al., 2019); (2) reversible membrane tethering is exclusively mediated by trans-assembly of the membrane-anchored forms of Rab proteins (Tamura and Mima, 2014; Inoshita and Mima, 2017; Segawa et al., 2019); (3) efficient tethering can be driven by specific heterotypic combinations of different Rab isoforms, such as the pair of Rab1a and Rab9a (Segawa et al., 2019); and (4) Rab11a and its cognate effector proteins, class V myosins, specifically cooperate to trigger rapid membrane tethering in a GTP-dependent manner (Inoshita and Mima, 2017). However, in spite of these research advances, the mechanistic basis of Rab-driven membrane tethering reactions remains poorly understood. In this study, by quantitatively analyzing the membrane tethering capacities of human endosomal Rabs (Rab5a and Rab4a) and their mutant forms lacking the C-terminal hypervariable region (HVR) domains that link a conserved small GTPase domain to a membrane anchor at the C-terminus, we uncovered that deletion of the HVR linkers allows Rab proteins to enhance their intrinsic tethering potency, establishing the essential role of the non-conserved flexible HVR linkers in controlling Rab-mediated membrane tethering.



MATERIALS AND METHODS


Protein Expression and Purification

Bacterial expression vectors for the full-length proteins of human Rab5a (amino acid residues, Met1-Asn215; UniProtKB: P20339) and Rab4a (amino acid residues, Met1-Cys218; UniProtKB: P20338) and their mutant forms lacking the HVR linkers, Rab5aΔHVR (amino acid residues, Met1-Pro182) and Rab4aΔHVR (amino acid residues, Met1-Leu175), were constructed using a pET-41 Ek/LIC vector kit (Novagen) (Figure 1), as described (Tamura and Mima, 2014; Inoshita and Mima, 2017; Segawa et al., 2019). DNA fragments encoding these wild-type and mutant proteins of human Rabs and the additional sequences for a human rhinovirus 3C protease-cleavage site (Leu-Glu-Val-Leu-Phe-Gln-Gly-Pro) at the N-terminus and for a polyhistidine-tag (His12) at the C-terminus were amplified by PCR using KOD-Plus-Neo polymerase (Toyobo) and Human Universal QUICK-Clone cDNA II (Clontech) for a template cDNA and then cloned into a pET-41 Ek/LIC vector (Novagen). Recombinant proteins of Rab5a-His12, Rab5aΔHVR-His12, Rab4a-His12, Rab4aΔHVR-His12, and untagged Rab4aΔHVR (Figure 1) were expressed in Escherichia coli BL21(DE3) cells (Novagen) harboring the pET-41-based vectors constructed. After inducing protein expression by adding IPTG (0.2μM final, 37°C, 3 h), cultured cells were harvested, resuspended with the RB150 buffer (20 μM Hepes-NaOH, pH 7.4, 150 μM NaCl, 10% glycerol) containing 0.1 μM GTP, 5 μM MgCl2, 1 μM DTT, 1 μM PMSF, and 1 μg/ml pepstatin A, freeze-thawed in liquid nitrogen and a water bath at 30°C, lysed by sonication, and ultracentrifuged with a 70 Ti rotor (Beckman Coulter; 50,000 rpm, 75 min, 4°C). Supernatants after ultracentrifugation were mixed with COSMOGEL GST-Accept beads (Nacalai Tesque) and incubated with gentle agitation (4°C, 2 h). The protein-bound beads were washed four times in RB150 containing 5 μM MgCl2 and 1 μM DTT, resuspended in the same buffer, supplemented with human rhinovirus 3C protease (8 units/ml; Novagen), and incubated without agitation (4°C, 16 h). Purified Rab proteins, which had only three extra residues (Gly-Pro-Gly) at the N-terminus, were eluted from the beads after proteolytic cleavage and analyzed by SDS-PAGE and CBB staining (Figure 1). Concentrations of purified Rab proteins were determined using Protein Assay CBB Solution (Nacalai Tesque) and BSA as a standard protein.
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FIGURE 1. Human endosomal Rab-family small GTPases used in the current reconstitution studies. (A) Sequence alignment of human Rab5a and Rab4a proteins. Amino acid sequences of the two endosomal Rab isoforms were obtained from UniProtKB (https://www.uniprot.org/), aligned using ClustalW (https://www.genome.jp/tools-bin/clustalw), and rendered by ESPript 3.0 (http://espript.ibcp.fr/ESPript/ESPript/). Identical and similar amino acid residues in the sequence alignment are highlighted in red boxes and in red characters, respectively. Sequence regions corresponding to the conserved Ras superfamily GTPase domain (G-domain) and the C-terminal hypervariable region (HVR) are indicated on the top of the alignment. Secondary structures determined by the crystal structure of human Rab5a containing the residues 15–184 (PDB code, 1N6H), including five a-helices (a1-a5) and six b-strands (b1-b6), are indicated at the bottom of the alignment. (B) Schematic representation of recombinant proteins of human endosomal Rabs used in the current studies, which include the C-terminally His12-tagged forms of full-length Rab5a (Rab5a-His12), HVR-deleted mutant Rab5a (Rab5aΔHVR-His12), full-length Rab4a (Rab4a-His12), and HVR-deleted mutant Rab4a (Rab4aΔHVR-His12), and the untagged form of HVR-deleted mutant Rab4a (untagged Rab4aΔHVR). All of the wild-type and mutant Rab proteins have only three extra residues (Gly-Pro-Gly) at the N-terminus after purification. (C) Coomassie blue-stained gels of purified Rab5a-His12, Rab5aΔHVR-His12, Rab4a-His12, Rab4aΔHVR-His12, and untagged Rab4aΔHVR proteins, which were tested in the reconstituted liposome tethering assays in Figures 2–7.




Liposome Preparation

For preparing synthetic protein-free liposomes, all of the non-fluorescent lipids used, including POPC (1-palmitoyl-2-oleoyl-phosphatidylcholine), POPE (1-palmitoyl-2-oleoyl-phosphatidylethanol), bovine liver PI (phosphatidylinositol), POPS (1-palmitoyl-2-oleoyl-phosphatidylserine), ovine wool cholesterol, and DOGS-NTA (1,2-dioleoyl-sn-glycero-3-{[N-(5-amino-1-carboxypentyl) iminodiacetic acid]-succinyl}), were purchased from Avanti Polar Lipids, and the two fluorescence-labeled lipids used, Rh-PE (rhodamine-PE) and FL-PE (fluorescein-PE), were from Molecular Probes. Lipids were mixed in chloroform with the lipid compositions of 41% (mol/mol) POPC, 17% POPE, 10% liver PI, 5% POPS, 20% ovine cholesterol, 6% DOGS-NTA, and 1% Rh-PE or FL-PE. After evaporating chloroform with a stream of nitrogen gas, dried lipid mixes were resuspended in RB150 containing 5 mM MgCl2 and 1 mM DTT by vortexing (final 8 mM total lipids), incubated with agitation (37°C, 1 h), freeze-thawed in liquid nitrogen and a water bath at 30°C, and extruded 25 times through polycarbonate filters (pore diameters, 200 nm; Avanti Polar Lipids) in a mini-extruder (Avanti Polar Lipids) preheated at 40°C. The liposome solutions prepared were stored at 4°C and used within a week for all of the current reconstitution experiments. Size distributions of the extruded liposomes were measured by dynamic light scattering (DLS) using a DynaPro NanoStar DLS instrument (Wyatt Technology) (Supplementary Figure 1).



Liposome Turbidity Assay

To quantitatively evaluate the intrinsic capacities of human Rab-family small GTPases to physically tether two distinct lipid membranes, turbidity changes of liposome solutions in the presence of purified Rab proteins were monitored by measuring optical density at 400 nm, as described (Tamura and Mima, 2014; Inoshita and Mima, 2017; Mima, 2018; Segawa et al., 2019). Liposome solutions (200-nm diameter; 1 mM total lipids in final) and purified Rab-His12 proteins (final 0.2–10 μM), which had been preincubated separately at 30°C for 5 min, were mixed in RB150 containing 5 mM MgCl2 and 1 mM DTT, transferred to a 10-mm path-length cuvette (105.201-QS, Hellma Analytics), and immediately subjected to measurement of the optical density changes at 400 nm (ΔOD400) in a DU720 spectrophotometer (Beckman Coulter) for 5 min with 10-second intervals at room temperature. The ΔD400 data obtained from the kinetic turbidity assays were analyzed by curve fitting using the ImageJ2 software (National Institutes of Health) and the logistic function formula, y = a/[1 + b × exp(−c × x)], where y and x correspond to the ΔOD400 value and the time (min), respectively (Segawa et al., 2019; Taniguchi et al., 2020). The maximum capacities of Rab-mediated liposome tethering were defined as the theoretical maximum ΔOD400 values of the fitted sigmoidal curves at t = ∞ and thus calculated as “a” from the logistic formula above. In addition, the initial velocities of liposome tethering were defined as the maximum slopes of the fitted curves and calculated as “c × a/4” from the formula above. Means and standard deviations of the tethering capacities and velocities were determined from three independent experiments. The turbidity data were statistically evaluated using two-way ANOVA in SigmaPlot 11 (Systat Software). All of the kinetic plots shown in the turbidity assays were obtained from one experiment and were typical of those from more than three independent experiments.



Fluorescence Microscopy

Fluorescence microscopy-based imaging assays for Rab-mediated liposome tethering were performed using a LUNA-FL automated fluorescence cell counter (Logos Biosystems), as described (Segawa et al., 2019; Taniguchi et al., 2020). Liposomes bearing fluorescence-labeled Rh-PE or FL-PE lipids (200-nm diameter; final 2 mM total lipids) and Rab-His12 proteins (final 0.5–8 μM), which had been separately preincubated (30°C, 10 min), were mixed in RB150 with 5 mM MgCl2 and 1 mM DTT, incubated without agitation (30°C, 2 h), and then applied to a LUNA cell-counting slide (L12001, Logos Biosystems; 15 μl per well). Bright field images, Rh-fluorescence images, and FL-fluorescence images of the Rab-mediated liposome tethering reactions in the slides were obtained and processed by the LUNA-FL cell counter. Particle sizes of Rab-dependent liposome clusters observed in the fluorescence images were analyzed using the ImageJ2 software with setting the lower intensity threshold level to 150, the upper intensity threshold level to 255, and the minimum particle size to 10 pixel 2 which corresponds to approximately 10 μm2 (Segawa et al., 2019; Taniguchi et al., 2020).



RESULTS AND DISCUSSION

Rab-family small GTPases constitute the largest branch of the Ras superfamily, which includes 11 Ypt/Rab proteins in budding yeast and more than 60 Rab isoforms in humans (Rojas et al., 2012). In general, Rab proteins from all eukaryotes are a small monomeric protein of approximately 25 kDa and are comprised of the Ras superfamily small GTPase domain (G-domain; 160–170 residues), which can specifically associate with the cognate interacting proteins (or protein complexes) called “Rab effectors” in a GTP-dependent manner to mediate the multiple steps of intracellular membrane trafficking as a molecular switch (Zerial and McBride, 2001; Stenmark, 2009; Hutagalung and Novick, 2011), and also two other non-conserved regions adjacent to the conserved globular G-domain (Khan and Ménétrey, 2013; Mima, 2018; Pylypenko et al., 2018), which include the flexible N-terminal segment (5–30 residues) and the unstructured C-terminal HVR domain (20–50 residues) that has been studied on its contributions to intracellular localization of Rab GTPases (Ali et al., 2004; Li et al., 2014) and recently reported to be involved in selective interaction with the guanine nucleotide exchange factors (Thomas et al., 2019). Notably, in addition to these conventional structural and functional features of Rab-family GTPases (Zerial and McBride, 2001; Stenmark, 2009; Hutagalung and Novick, 2011), recent reconstitution studies have revealed their novel molecular functions to directly and physically tether lipid membranes by themselves (Lo et al., 2012; Tamura and Mima, 2014; Inoshita and Mima, 2017; Mima, 2018; Segawa et al., 2019). Our comprehensive experiments for 11 representative human Rab isoforms (Rab1a, -3a, -4a, -5a, -6a, -7a, -9a, -11a, -14, -27a, and -33b) demonstrated that the intrinsic tethering capacities are highly conserved among all of the Rabs tested, except for Rab27a, and are achieved exclusively through trans-assembly between membrane-anchored Rab proteins in homotypic and heterotypic Rab combinations (Inoshita and Mima, 2017; Segawa et al., 2019). Here, based on the earlier findings above by an in vitro reconstitution approach, we further explored molecular mechanisms by which Rab proteins confer efficiency and specificity of their tethering activities, particularly focusing on the roles of the C-terminal HVR flexible linkers that connect the globular G-domains to membrane surfaces.


Deletion of the HVR Linkers Enhances the Intrinsic Tethering Potency of Human Rab Proteins

For thoroughly comparing the intrinsic tethering activities of the full-length, wild-type form and the HVR-deleted mutant form of Rab-family proteins, we selected the two human Rab isoforms, Rab5a and Rab4a, as a typical model among over 60 Rab members in human cells (Figure 1). These two Rab isoforms, which are both principally localized at the cytoplasmic face of early endosomal membranes (Zerial and McBride, 2001; Stenmark, 2009; Hutagalung and Novick, 2011), exhibit more than 40% sequence identity with their G-domains, but they have little or no conserved sequence or motif in their HVR linker domains (Figure 1A). It is also noteworthy that early endosomal Rab5a and Rab4a proteins were found to be typical of a highly-potent membrane tether and an inefficient membrane tether, respectively (Inoshita and Mima, 2017; Segawa et al., 2019).

As tested in our prior works on Rab-mediated tethering, recombinant proteins of full-length Rab5a, Rab4a, and their HVR-deleted mutants (denoted as Rab5aΔHVR and Rab4aΔHVR) were purified in the C-terminally-modified forms with an artificial His12 tag (Figures 1B,C), which allows purified Rab proteins to stably associate with lipid bilayers of synthetic liposomes bearing a DOGS-NTA lipid (Figure 2A), mimicking membrane attachment of native Rab proteins via an isoprenyl lipid anchor at the C-terminus (Mima, 2018). Liposomes used in the current reconstitution systems were prepared by an extrusion method with a 200-nm pore-size filter (Figure 2A), yielding the curvature of lipid bilayers roughly similar to that of early endosomal membranes in mammalian cells, which were shown to be approximately 100–500 nm in diameter (Klumperman and Raposo, 2014). Regarding the lipid composition, the extruded 200-nm liposomes bore five major lipid species, including PC, PE, PI, PS, and cholesterol (Figure 2A), which primarily compose organelle membranes in mammals (van Meer et al., 2008; Vance, 2015; Yang et al., 2018).
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FIGURE 2. Deletion of the flexible HVR linkers enhances membrane tethering potency of human Rab5a and Rab4a small GTPases. (A) Schematic representation of membrane tethering assays for human endosomal Rab5a and Rab4a in a chemically-defined reconstitution system. (B–D) Kinetic liposome turbidity assays for Rab5a-mediated membrane tethering. Purified Rab5a-His12 (final 0.5–10 μM) and Rab5aΔHVR-His12 (final 0.2–10 μM) were mixed with DOGS-NTA-bearing synthetic liposomes (200-nm diameter; final 1 mM total lipids) and immediately assayed for the turbidity changes by measuring the optical density at 400 nm (ΔOD400) for 5 min (B). The kinetic turbidity data were further analyzed by a sigmoidal curve fitting method to determine the maximum tethering capacities (C) and the initial tethering velocities (D). (E–G) Kinetic liposome turbidity assays for Rab4a-mediated membrane tethering. Purified Rab4a-His12 (final 2–10 μM) and Rab4aΔHVR-His12 (final 0.2–10 μM) were mixed with DOGS-NTA-bearing liposomes and assayed for the turbidity changes (E), as in panel (B). The kinetic turbidity data were analyzed by curve fitting, thereby determining the maximum capacities (F) and the initial velocities (G), as in panels (C,D). The Rab protein concentration at the physiological Rab-to-lipid molar ratio of 1:560 (mol/mol) is indicated as a red dashed line (C,D,F,G). Error bars, SD.


Under the physiologically-relevant conditions, the kinetic turbidity assays for liposome tethering were employed with full-length and HVR-deleted Rab5a (Figures 2B–D) and Rab4a (Figures 2E–G) to analyze the tethering capacities at a broad range of the Rab protein-to-lipid ratios, from 1:5,000 to 1:100 (mol/mol). Strikingly, the current liposome tethering assays uncovered that both Rab5a and Rab4a isoforms can greatly stimulate the intrinsic tethering activities by removal of their HVR linker domains that are located between the G-domains and C-terminal membrane anchors (Figures 2B,E). In the case of Rab5a, which had been reported to be the most tethering-competent isoform among human Rab-family proteins tested (Tamura and Mima, 2014; Inoshita and Mima, 2017; Segawa et al., 2019), Rab5aΔHVR mutant exhibited over 5-fold higher maximum tethering capacities and up to 15-fold higher initial tethering velocities than those values for wild-type Rab5a (Figures 2C,D). This is basically consistent with modest increase in the tethering activity of the yeast Rab5 ortholog, Vps21p, by truncation of its C-terminal linker (Lo et al., 2012). Likewise, the HVR-deleted mutant of Rab4a (Rab4aΔHVR) exhibited the very high tethering potency comparable to that of Rab5aΔHVR (Figures 2B,E), yielding more than 10-fold higher maximum tethering capacities (Figure 2F) and over 40-fold higher initial tethering velocities (Figure 2G) compared to full-length Rab4a that showed little tethering activities under the current conditions with the 200-nm liposomes (Figures 2E,G).

Considering the physiological Rab-to-lipid molar ratio (1:560, mol/mol; Figures 2C,D,F,G, red dashed lines), which was calculated as described (Inoshita and Mima, 2017; Segawa et al., 2019) using the average copy number of Rab proteins in synaptic vesicles (25 Rab molecules per vesicle; Takamori et al., 2006), the mean diameter of synaptic vesicles (42 nm; Takamori et al., 2006), the typical thickness of biological membranes (4 nm; Nagle and Tristram-Nagle, 2000), and the average surface area of phospholipid headgroups (0.65 nm2; Nagle and Tristram-Nagle, 2000), kinetic data of the reconstituted tethering assays further demonstrated that the HVR-deleted forms of both Rab5a and Rab4a have the intrinsic potency to drive rapid and efficient tethering of liposomal membranes at the physiologically-relevant Rab protein densities on membrane surfaces and even at much lower Rab densities, such as the Rab-to-lipid molar ratio of 1:2,000 (mol/mol; Figures 2B–G). Although we used the protein stoichiometry of synaptic vesicles as a reasonable model for calculating the physiological Rab protein density on the membrane (Takamori et al., 2006), it is possible that the Rab densities on other membrane compartments such as early endosomes are variable and different from the current estimations. Regarding other putative membrane tethers in a reconstituted system, their tethering activities have been examined at the protein-to-lipid ratios similar to those tested in the present experiments (1:100–1:5,000, mol/mol; Figure 2), which include the typical ratios of 1:400 for golgin GMAP-210 (Drin et al., 2008), 1:330 for Vps21p (Lo et al., 2012), 1:2,000 for HOPS (Ho and Stroupe, 2015, 2016), 1:800 for Atg8p (Nair et al., 2011), and 1:500 for human Atg8 orthologs (Taniguchi et al., 2020). It should also be noted that, assuming that Rab molecules are a spherical 25-kDa protein with a radius of 2.0 nm (Erickson, 2009), membrane-bound Rab proteins occupy only 1.9% of the outer surface areas of the 200-nm liposomes when tested at the 1:2,000 Rab-to-lipid ratio. Thus, this reflects that membrane tethering driven by HVR-deleted Rabs is a highly robust and specific biochemical reaction in the physiological context and is quite unlikely to be caused by non-selective protein-protein or protein-lipid interactions on membrane surfaces.

Microscopic observations of fluorescence-labeled liposome clusters induced by membrane-anchored Rab proteins, as an alternative assay for Rab-mediated membrane tethering, provided further experimental evidence of the high tethering potency of the HVR-deleted forms of human Rab-family proteins (Figure 3). To comprehensively evaluate the intrinsic capacities of full-length and HVR-deleted Rab5a and Rab4a proteins to induce the formation of massive clusters of fluorescent Rh-PE-bearing liposomes (Figure 3A), the wide-field Rh-fluorescence images of the Rab-mediated liposome tethering reactions, which had been incubated (2 h) with the Rh-PE-bearing 200-nm liposomes and Rab5a (Figure 3B), Rab5aΔHVR (Figure 3C), Rab4a (Figure 3G), or Rab4aΔHVR (Figure 3H), were acquired using a LUNA-FL fluorescence cell counter and a LUNA cell-counting slide. The current imaging assays for liposome tethering allowed us to simultaneously observe large numbers of the Rab-induced liposome clusters formed in a defined volume (length × width × height = 2,500 × 2,000 × 100 μm), thereby unbiasedly and quantitatively measuring their particle numbers (Figures 3D,I), average particle sizes (Figures 3E,J), and total particle areas (Figures 3F,K). Consistent with the results from the kinetic turbidity assays (Figures 2B–G), both Rab5aΔHVR and Rab4aΔHVR mutant proteins were able to trigger highly efficient liposome tethering in the imaging assays, yielding more than 400 detectable particles of Rh-labeled liposome clusters (Figures 3D,I) with the average sizes above 700 μm2 (Figures 3E,J) in the Rh-fluorescence images obtained (Figures 3C–F, H-K). Notably, when assayed at the Rab-to-lipid molar ratios of 1:2,000 (final 1 μM Rabs and 2 mM lipids), these HVR-deleted Rab proteins yielded the total areas of liposome clusters ranging from 300,000 to 500,000 μm2 (Figures 3F,K), whereas full-length Rab5a and Rab4a proteins were almost incompetent to initiate efficient liposome tethering under the conditions (Figures 3B,G), giving only 1,000 to 2,000 μm2 for the total particle areas (Figures 3F,K). In addition to these findings on very high tethering potency of the HVR-deleted mutants of Rab5a and Rab4a (Figures 2, 3), it should also be noted that, although full-length Rab5a exhibited its adequate tethering potency at the Rab-to-lipid molar ratios of 1:1,000 and 1:500 in the microscopic assays, it turned out to be totally inactive at the higher Rab-to-lipid ratio of 1:250 (Figures 3B,D–F). This appears to be puzzling but perhaps reflects that full-length Rab5a is prone to assemble into a homo-dimeric complex in the cis-configuration at such high Rab densities, preventing the protein assemblies in trans between two opposing membranes, while the HVR-deleted proteins still rather assemble into the trans-complexes under the same conditions.
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FIGURE 3. Fluorescence microscopic analysis of membrane tethering driven by HVR-deleted Rab proteins. (A) Schematic representation of fluorescence microscopy-based assays for membrane tethering driven by full-length and HVR-deleted forms of endosomal Rab5a and Rab4a. (B–K) Purified Rab5a-His12 (B), Rab5aΔHVR-His12 (C), Rab4a-His12 (G), and Rab4aΔHVR-His12 (H) proteins (final 0.5–8 μM) were mixed with fluorescence-labeled liposomes bearing Rh-PE and DOGS-NTA (200-nm diameter; final 2 mM total lipids), incubated (30°C, 2 h), and subjected to fluorescence microscopy. Particle sizes of Rab-induced liposome clusters in the rhodamine fluorescence images obtained (B,C,G,H) were measured using the ImageJ2 software, yielding means and SD values of the particle numbers (D,I), average particle sizes (E,J), and total particle areas (F,K), which were determined from three independent images of the Rab-mediated liposome tethering reactions. Scale bars, 200 μm. Error bars, SD.




Requirement of trans-Assembly of HVR-Deleted Rab Proteins in Reversible Membrane Tethering Reactions

Next, we further employed the microscopic imaging assays for liposome clustering to ask whether membrane tethering mediated by HVR-deleted Rab mutant proteins is a non-fusogenic, reversible tethering reaction (Figure 4) and also whether trans-assembly between membrane-anchored Rab proteins is certainly required for the tethering events driven by HVR-deleted Rabs (Figure 5), as previously established for full-length wild-type Rabs (Tamura and Mima, 2014; Inoshita and Mima, 2017; Segawa et al., 2019). To test reversibility of the tethering reactions with Rab4aΔHVR-His12 proteins and DOGS-NTA-bearing fluorescent liposomes (Figure 4), large clusters of Rab4aΔHVR-anchored liposomes, which had been pre-formed during the first incubation (1 h), were supplemented with imidazole (250 mM), which acts as a competitive inhibitor to block the membrane association of Rab-His12 proteins, or with the buffer control, further incubated (1 h), and then subjected to fluorescence microscopy (Figure 4A). Obviously, although a number of huge Rh-labeled liposome clusters were still present in the reaction incubated with the buffer control (the total particle area of 410,000 μm2; Figure 4B), addition of imidazole caused untethering of liposome clusters and completely abolished detectable Rh-labeled particles (the total particle area of 2,000 μm2; Figure 4C). These results demonstrated reversible membrane tethering mediated by HVR-deleted Rab proteins that can be strictly controlled by the Rab attachment and detachment cycles on membrane surfaces, consistent with the earlier experimental evidence for the reversibility of tethering between yeast vacuoles (Mayer and Wickner, 1997; Ungermann et al., 1998) and tethering between full-length Rab-anchored liposomes (Tamura and Mima, 2014).
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FIGURE 4. HVR-deleted Rab4a drives a non-fusogenic, reversible membrane tethering reaction. (A) Schematic representation of fluorescence microscopy-based assays testing the reversibility of reconstituted membrane tethering mediated by HVR-deleted mutant Rab4a. (B,C) Purified Rab4aΔHVR-His12 (final 1 μM) and fluorescence-labeled liposomes bearing Rh-PE and DOGS-NTA (200-nm diameter; final 2 mM total lipids) were mixed and incubated (30°C, 1 h) to induce the formation of Rab4aΔHVR-mediated liposome clusters. After the first incubation, the liposome tethering reactions were supplemented with the buffer control (B) or imidazole (final 250 mM) which causes the dissociation of Rab4aΔHVR-His12 proteins from DOGS-NTA-bearing liposomes (C), further incubated (30°C, 1 h), and analyzed by fluorescence microscopy to obtain the bright field images and rhodamine fluorescence images. Particle sizes of Rab-induced liposome clusters in the rhodamine fluorescence images (B,C) were measured using the ImageJ2 software as in Figure 3, yielding the total particle areas of 360,000 ± 48,000 μm2 (B) and 1,700 ± 790 μm2 (C), which were determined from three independent fluorescence images of the tethering reactions. Scale bars, 200 μm.
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FIGURE 5. Trans-assembly between membrane-anchored Rab proteins is required for membrane tethering mediated by HVR-deleted Rab4a. (A–C) Fluorescence microscopy analysis of reconstituted membrane tethering driven by trans-assembly of membrane-anchored Rab4aΔHVR proteins. Purified Rab4aΔHVR-His12 (final 2 μM) and two types of fluorescence-labeled liposomes, Rh-PE-bearing liposomes and FL-PE-bearing liposomes (200-nm diameter; final 1 mM total lipids for each), were mixed, incubated (30°C, 1 h), and subjected to fluorescence microscopy, obtaining the bright field images (left panels), rhodamine fluorescence images (middle panels), and fluorescein fluorescence images (right panels). DOGS-NTA lipids for membrane anchoring of Rab4aΔHVR-His12 proteins were present in both the Rh-PE and FL-PE liposomes (A), only in the Rh-PE liposomes (B), or not present in either of the liposomes (C). Particle sizes of Rab-induced liposome clusters in the rhodamine fluorescence images (A–C) were measured using the ImageJ2 software as in Figure 3, yielding the total particle areas of 450,000 ± 42,000 μm2 (A), 160,000 ± 39,000 μm2 (B), and 170 ± 80 μm2 (C), which were determined from three independent fluorescence images of the tethering reactions. Scale bars, 200 μm.


For exploring the requirement of Rab-Rab assemblies in trans during HVR-deleted Rab-mediated tethering, we performed the same microscopic assays but using two types of the fluorescence-labeled DOGS-NTA-liposomes which bore either Rh-PE or FL-PE (Figure 5). As expected, massive liposome clusters induced by Rab4aΔHVR-His12 proteins contained both of the Rh-PE-liposomes (Figure 5A, middle panel) and FL-PE-liposomes (Figure 5A, right panel), yielding 490,000 μm2 for the total particle area of the Rh-labeled clusters that entirely overlapped with the FL-labeled clusters. However, by omitting DOGS-NTA from the FL-PE-liposomes, HVR-deleted Rab4a no longer had the capacity to form large FL-labeled clusters (Figure 5B, right panel), only inducing the Rh-labeled liposome clusters (Figure 5B, middle panel; the total particle area of 140,000μmm2). Moreover, the omission of DOGS-NTA from both fluorescence-labeled liposomes completely abrogated the intrinsic tethering activity of Rab4aΔHVR-His12 proteins (Figure 5C). These data clearly establish that highly efficient membrane tethering driven by HVR-deleted Rab proteins requires their membrane-bound forms on both opposing membranes, thus reflecting the need for trans-Rab-Rab assemblies to bridge two distinct lipid bilayers destined to be tethered.

Specific trans-assembly of the membrane-anchored form of HVR-deleted Rab proteins during reconstituted membrane tethering was further investigated by employing liposome turbidity assays in the presence of untagged Rab4aΔHVR that lacks a His12 tag at the C-terminus (Figure 6). Before initiating Rab-dependent liposome tethering by mixing with DOGS-NTA-bearing liposomes, Rab4aΔHVR-His12 was pre-incubated (10 min) with an up to 10-fold molar excess of untagged Rab4aΔHVR that potentially inhibits the trans-interactions between membrane-bound Rab4aΔVR-His12 proteins (Figure 6A). Nevertheless, the presence of excess untagged Rab4aΔHVR proteins in solution had little effect on the tethering capacity of membrane-bound Rab4aΔHVR-His12 proteins (Figure 6B, see the ΔOD400 values at 300 s), even though the initial rates of tethering were slightly reduced by the addition of untagged Rab4aΔHVR (Figure 6B), suggesting the weak interactions between untagged Rab4aΔHVR and Rab4ΔDHVR-His12 that prevent rapid Rab-Rab assemblies in trans. These results lead us to conclude that rapid and efficient membrane tethering driven by HVR-deleted Rab proteins are achieved by highly selective trans-Rab-Rab interactions, distinguishing membrane-bound Rabs from the membrane-unbound soluble forms.
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FIGURE 6. Selective trans-assembly of HVR-deleted Rab4a proteins in reconstituted membrane tethering. (A) Schematic representation of liposome turbidity assays in panel (B), testing the inhibitory effect of soluble untagged Rab4aΔHVR proteins lacking a His12-tag membrane anchor on membrane tethering reactions driven by trans-assembly of membrane-anchored Rab4aΔHVR-His12 proteins. (B) Rab4aΔHVR-His12 proteins (final 1μM) were mixed with equimolar or excess amounts of untagged Rab4aΔHVR proteins (final 1–10μM) and incubated at 30°C for 10 min. After pre-incubation, protein mixtures of Rab4aΔHVR-His12 and untagged Rab4aΔHVR were added to the suspensions containing DOGS-NTA-bearing liposomes (200-nm diameter; final 1mM total lipids), immediately followed by monitoring the turbidity changes by measuring the optical density at 400 nm (ΔOD400) for 5 min, as in Figure 2.




Effects of Membrane Lipids on Membrane Tethering Functions of Full-Length and HVR-Deleted Rab Proteins

The current reconstitution experiments with the full-length and HVR-deleted forms of human Rab-family small GTPases established that deletion of the C-terminal HVR domains can enhance the intrinsic tethering potency of human Rab proteins (e.g., endosomal Rab5a and Rab4a) to trigger reversible membrane tethering mediated by highly selective Rab-Rab protein assemblies in trans (Figures 2–6). Since the HVR domains are a 20–50 residue long flexible linker that connects the G-domain to a membrane anchor at the C-terminus (Khan and Ménétrey, 2013; Mima, 2018; Figures 1, 2A), removal of the HVR linkers greatly shortens the distance between the globular G-domains and membranes when anchored to lipid bilayers, allowing the G-domains to be placed in close contact with membrane surfaces. Thus, the present data shown in Figures 2–6 faithfully reflect that the close membrane attachment of the Rab G-domains is an essential process to promote rapid and efficient trans-Rab-Rab assemblies on two opposing membranes destined to be stably tethered.

To further understand the active “tethering-competent” mode of the Rab G-domains that are closely attached to membrane surfaces, we next examined the effects of lipids on Rab- or Rab G-domain-mediated membrane tethering by performing liposome turbidity assays for full-length Rab5a and HVR-deleted Rab5a (Rab5aΔHVR) with the two different lipid compositions; the physiologically-mimicking complex composition bearing PC, PE, PI, PS, and cholesterol, which was used as the standard in Figures 2–6 and termed here “complete” (Figure 7A), and the non-physiological simple composition bearing PC and PE only, termed “PC/PE” (Figure 7A). Strikingly, when tested for full-length Rab5a (final 10 μM, the Rab-to-lipid ratios of 1:100; Figure 7B), its intrinsic tethering activity was significantly diminished by omitting two anionic lipid species (PI and PS) and cholesterol from liposomes (Figure 7B, left panel), giving the maximum tethering capacities (ΔOD400) of 0.67 ± 0.037 with the complete liposomes but 0.35 ± 0.034 with the PC/PE liposomes (Figure 7B, right panel). However, intriguingly, HVR-deleted Rab5a mutant (final 1 μM, the Rab-to-lipid ratios of 1:1,000, Figure 7C; final 0.5 μM, the Rab-to-lipid ratios of 1:2,000, Supplementary Figure 2) exhibited almost or completely identical tethering kinetics (Figure 7C, left panel and Supplementary Figure 2, left panel) and tethering capacities (Figure 7C, right panel and Supplementary Figure 2, right panel) with these two “complete” and “PC/PE” types of liposomes, establishing that the tethering potency of the hyperactive HVR-deleted Rab5a is fully independent of the headgroup composition of lipid bilayers. These results indicate that the HVR linkers, not the G-domains, act as a primary region to interact with the hydrophilic lipid headgroups, thereby guiding the G-domain toward its active tethering-competent state on the membrane surface in the case of Rab5a (Figure 7B) or, by contrast, negatively regulating the membrane attachment of the G-domain in the case of Rab4a, which was a quite inefficient membrane tether in its full-length form but found to be a very highly potent tether in the HVR-deleted mutant form (Figures 2, 3). Furthermore, considering that the HVR deletion allows the Rab G-domain to be in close contact with membrane lipids but simultaneously insensitive to the lipid headgroup composition in the tethering assays (Figure 7C), specific hydrophobic interactions between the acyl chains of membrane lipids and the non-polar surface areas of the Rab G-domains likely induce the proper membrane orientations and suitable structures for achieving rapid and efficient Rab-driven tethering of lipid bilayers.
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FIGURE 7. Physiological complex lipid composition is crucial for efficient membrane tethering mediated by full-length Rab5a but not for HVR-deleted Rab5a-mediated membrane tethering. (A) Schematic representation of liposome turbidity assays in panels (B,C), testing the requirement of physiological complex lipid composition for Rab5a-mediated membrane tethering. The complete liposomes, which were also used in Figures 2–6, contained PC, PE, PI, PS, and cholesterol, whereas the PC/PE liposomes bore only PC (76%, mol/mol) and PE (17%), in addition to DOGS-NTA and Rh-PE. (B) Full-length Rab5a-His12 proteins (final 10 μM) were mixed with the complete liposomes or PC/PE liposomes (200-nm diameter; final 1 mM total lipids) and immediately assayed for the turbidity changes by measuring the optical density at 400 nm (ΔOD400) for 5 min (left panel), as in Figure 2. The maximum tethering capacities of full-length Rab5a (right panel) were determined from the kinetic turbidity data, as in Figure 2. The maximum tethering capacities of full-length Rab5a for the complete liposomes are significantly different from those for the PC/PE liposomes (p < 0.001, calculated using two-way ANOVA). (C) Rab5aΔHVR-His12 proteins (final 1 μM) were mixed with the complete liposomes or PC/PE liposomes and then assayed for the turbidity changes (left panel), as in panel (B) for full-length Rab5a. The maximum tethering capacities of HVR-deleted Rab5a (right panel) were determined from the kinetic data, as in panel (B). Error bars, SD.




Critical Residues in the HVR Linker Domain of Rab4a for Regulating the Intrinsic Tethering Activity

Although full-length, wild-type Rab4a having the HRV linker domain at the C-terminus has been shown to be a very inefficient membrane tether compared to other tethering-competent Rab isoforms such as Rab3a, -5a, -6a, and -7a in a reconstituted system (Inoshita and Mima, 2017; Segawa et al., 2019; Figures 2, 3), the present reconstituted tethering assays revealed that deletion of the C-terminal HVR linker allows less-active or inactive Rab4a to be a highly potent membrane tether, exhibiting much higher tethering activity than full-length Rab5a, which was comparable to that of HVR-deleted mutant Rab5a (Figures 2, 3). This leads us to postulate that the HVR linker of Rab4a negatively regulates membrane tethering potency of the G-domain via specific amino acid residues within the flexible linker or through simply acting as a wider spacer between the G-domain and the membrane surface, because the Rab4a HVR domain (43 residues long) is longer than the HVRs of the tethering-competent Rab isoforms described above (33–36 residues long) (Figures 1, 8; Segawa et al., 2019). To explore this issue, in addition to the full-length (residues 1–218) and HVR-deleted (residues 1–175) forms of Rab4a, we prepared purified proteins of three other Rab4a mutants having the C-terminally-truncated HVR linkers, including Rab4aΔC199 (residues 1–199), Rab4aΔC181 (residues 1–181), and Rab4aΔC177 (residues 1–177) (Figures 8A,B), and investigated the tethering activities of these C-terminally-truncated mutants in comparison to full-length and HVR-deleted Rab4a proteins by employing liposome turbidity assays (Figures 8C–E).
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FIGURE 8. The N-terminal residues in the HVR linker domain are critical to controlling Rab4a-mediated membrane tethering. (A) Schematic representation of the C-terminally-truncated Rab4a mutants used for liposome turbidity assays in panels (C–E), including Rab4aΔC199 (Met1-Leu199), Rab4aΔC181 (Met1-Gly181), and Rab4aΔC177 (Met1-Lys177). All of the C-terminally-truncated Rab4a mutant proteins were purified as described for the full-length and HVR-deleted forms of Rab4a. (B) The Coomassie blue-stained gel of purified proteins of the C-terminally His12-tagged full-length Rab4a, Rab4aΔC199, Rab4aΔC181, Rab4aΔC177, and Rab4aΔHVR. (C–E) Kinetic liposome turbidity assays with the C-terminally-truncated Rab4a mutants. Purified full-length and mutant Rab4a-His12 proteins (final 2 μM) were mixed with DOGS-NTA-bearing liposomes (200-nm diameter; final 1 mM lipids) and immediately assayed for the turbidity changes by measuring ΔOD400 for 5 min (C), as in Figure 2. The kinetic turbidity data were analyzed by curve fitting to calculate the maximum tethering capacities (D) and the initial tethering velocities (E), as in Figure 2. The maximum capacities (D) and initial velocities (E) of Rab4aΔHVR are significantly different from those of Rab4aΔC177 or Rab4aΔC181 (p < 0.001, calculated using two-way ANOVA). Error bars, SD.


Among those three Rab4aΔC mutants, Rab4aΔC199 and Rab4aΔC181 remained to be inactive or inefficient in the tethering assays, exhibiting very low tethering capacities and tethering rates similar to those of full-length Rab4a (Figures 8C–E), even though the lengths of their truncated HVR linkers (6 or 24 residues long) are significantly shorter than the entire HVR lengths of the tethering-competent Rab isoforms (33–36 residues long). RabΔC177, which has only two extra amino acid residues (Asn-Lys) as a linker between the G-domain and a His12-tag membrane anchor at the extreme C-terminus (Figure 8A), appeared to be slightly activated by further truncation of the HVR linker region (Figure 8C), but its maximum tethering capacity (0.24 ± 0.014, ΔOD400; Figure 8D) and initial tethering velocity (0.048 ± 0.0022, ΔOD400/min; Figure 8E) were still substantially lower than those values of the linker-deficient Rab4aΔHVR mutant protein (0.75 ± 0.0089 for the maximum capacity and 0.71 ± 0.015 min–1 for the initial velocity; Figures 8D,E). These results not only support the idea that the close membrane attachment of the Rab G-domain is required for Rab-driven membrane tethering reactions, but also they suggest that specific amino acid residues in the Rab4a HVR linker domain, particularly several N-terminal residues of the linker, retain the important functions to restrict the intrinsic tethering potency of the Rab4a G-domain, beyond just acting as a non-specific spacer to prevent membrane association of the G-domain.

To obtain further molecular insights into the roles of the N-terminal residues of the Rab4a HRV linker in regulating the tethering potency of the G-domain, we lastly examined the effects of membrane lipids on the tethering activities of the two Rab4aΔC mutants, Rab4aΔC177 and Rab4aΔC181, by employing liposome turbidity assays with the complete liposomes and the PC/PE liposomes lacking two anionic lipids (PI and PS) and cholesterol (Figure 9), as tested for full-length and HVR-deleted Rab5a proteins in Figure 7. Both of the HVR-truncated Rab4a mutants exhibited significantly higher tethering activities for the PC/PE liposomes than those for the complete liposomes mimicking physiological lipid compositions (Figure 9), yielding 2.1- and 3.4-fold increases in the tethering capacities of Rab4aΔC177 (Figure 9A) and Rab4aΔC181 (Figure 9B), respectively, whereas omission of anionic lipids and cholesterol had little or no effect on the tethering rates and capacities of Rab4aΔHVR that lacks the entire HVR linker (Supplementary Figure 3). These results suggest that the two (Asn-Lys) or six (Asn-Lys-Ile-Glu-Ser-Gly) N-terminal residues in the Rab4a HVR linker domain contribute to limiting the intrinsic tethering potency of the G-domain through their interactions with the polar lipid headgroups. Considering that recent computational studies by molecular dynamics simulations of membrane-bound K-Ras, belonging to the Ras superfamily, reported the multiple orientation states of the K-Ras G-domain on the membrane surface that are affected by the C-terminal HVR linker and anionic membrane lipids (Prakash et al., 2016; Prakash and Gorfe, 2019; Neale and García, 2020; Ngo et al., 2020), it is conceivable that the hydrophilic interactions between the N-terminal residues of the Rab4a HVR linker and anionic lipids may guide the G-domain into the specific “tethering-incompetent” membrane orientation.


[image: image]

FIGURE 9. The C-terminally-truncated Rab4a mutants, Rab4aΔC177 and Rab4aΔC181, exhibit higher membrane tethering potency for the non-physiological PC/PE liposomes than that for the physiologically-mimicking complete liposomes. (A) Kinetic liposome turbidity assays for Rab4aΔC177 with the complete liposomes containing PC, PE, PI, PS, and cholesterol and the PC/PE liposomes containing PC and PE only. Purified Rab4aΔC177-His12 proteins (final 2 μM) were mixed with the complete liposomes or PC/PE liposomes (200-nm diameter; final 1 mM lipids) and immediately assayed for the turbidity changes by measuring ΔOD400 for 5 min (left panel), as in Figure 7. The maximum tethering capacities of Rab4aΔC177 (right panel) were determined from the kinetic turbidity data, as in Figure 7. The maximum tethering capacities of Rab4aΔC177 for the complete liposomes are significantly different from those for the PC/PE liposomes (p < 0.001, calculated using two-way ANOVA). (B) Kinetic liposome turbidity assays for Rab4aΔC181 with the complete liposomes and PC/PE liposomes. Purified Rab4aΔC181-His12 proteins were mixed with the complete liposomes or PC/PE liposomes and then assayed for the turbidity changes (left panel), as in panel (A) for Rab4aΔC177. The maximum tethering capacities of Rab4aΔC181 (right panel) were determined from the kinetic turbidity data, as in panel (A). The maximum tethering capacities of Rab4aΔC181 for the complete liposomes are significantly different from those for the PC/PE liposomes (p < 0.001, calculated using two-way ANOVA). Error bars, SD.




CONCLUSION

By comprehensively and quantitatively investigating the intrinsic membrane tethering potency of human endosomal Rab-family small GTPases (Rab5a, Rab4a) and their mutant forms lacking the C-terminal HVR domains (Rab5aΔHVR, Rab4aΔHVR) or having the truncated HVR linkers (Rab4aΔC mutants) in a chemically-defined reconstitution system (Figures 2–9), the present studies provide novel insights into the mechanistic basis of membrane tethering reactions driven by Rab small GTPases: (1) Close attachment of the globular G-domains to membrane surfaces is a vital step to fully activate the intrinsic potency of Rab proteins to trigger selective trans-Rab-Rab assemblies and subsequently drive efficient membrane tethering reactions; (2) the HVR linkers control, either positively or negatively, the close membrane attachment of the G-domains through the interactions between the polar residues in HVRs and the headgroups of membrane lipids; and (3) the active “tethering-competent” state of the G-domains closely attached onto membrane surfaces is completely insensitive to the composition of lipid headgroups, suggesting the importance of the hydrophobic interactions between the G-domain surfaces and the non-polar regions of membrane lipids. Finally, based on the current findings, future studies will focus on deciphering the protein-protein and protein-lipid interfaces in the Rab G-domains during trans-Rab-Rab assembly and Rab-mediated membrane tethering.



DATA AVAILABILITY STATEMENT

All datasets presented in this study are included in the article/Supplementary Material.



AUTHOR CONTRIBUTIONS

JM designed the research and wrote the manuscript. All authors performed the experiments and analyzed the data.



FUNDING

This study was in part supported by the Program to Disseminate Tenure Tracking System from the Ministry of Education, Culture, Sports, Science and Technology, Japan (MEXT) and Grants-in-Aid for Scientific Research from MEXT (to JM).



ACKNOWLEDGMENTS

We thank Megumi Shinguu and Kazuya Segawa (Institute for Protein Research, Osaka University) for their contributions to preparation of recombinant proteins of human Rabs. We are grateful to Dr. Genji Kurisu and Dr. Hideaki Tanaka (Institute for Protein Research, Osaka University) for the access to dynamic light scattering measurements.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fcell.2020.577342/full#supplementary-material

Supplementary Figure 1 | Dynamic light scattering measurements of synthetic liposomes used in the present reconstitution studies. (A,B) Histograms of size distributions of typical liposome preparations, the Rh-labeled 200-nm complete liposomes containing PC, PE, PI, PS, and cholesterol (A) and the Rh-labeled 200-nm PC/PE liposomes containing PC and PE (B), measured by dynamic light scattering.
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Supplementary Figure 3 | Liposome turbidity assays for Rab4aΔHVR-mediated membrane tethering with the complete liposomes and PC/PE liposomes. Rab4aΔHVR-His12 proteins (final 1 μM) were mixed with the complete liposomes or PC/PE liposomes (200-nm diameter; final 1 mM lipids) and then assayed for the turbidity changes (left panel), as in Figures 7, 9. The maximum tethering capacities of Rab4aΔHVR (right panel) were determined from the kinetic data, as in Figures 7, 9. Error bars, SD.
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Membrane microdomains, also called lipid rafts, are areas on membrane enriched in glycolipids, sphingolipids, and cholesterol. Although membrane microdomains are thought to play key roles in many cellular functions, their structures, properties, and biological functions remain obscure. Cellular membranes contain several types of glycoproteins, glycolipids, and other lipids, including cholesterol, glycerophospholipids, and sphingomyelin. Depending on their physicochemical properties, especially the characteristics of their glycolipids, various microdomains form on these cell membranes, providing structural or functional contextures thought to be essential for biological activities. For example, the plasma membranes of human neutrophils are enriched in lactosylceramide (LacCer) and phosphatidylglucoside (PtdGlc), each of which forms different membrane microdomains with different surrounding molecules and is involved in different functions of neutrophils. Specifically, LacCer forms Lyn-coupled lipid microdomains, which mediate neutrophil chemotaxis, phagocytosis, and superoxide generation, whereas PtdGlc-enriched microdomains mediate neutrophil differentiation and spontaneous apoptosis. However, the mechanisms by which these glycolipids form different nano/meso microdomains and mediate their specialized functions remain incompletely understood. This review describes current understanding of the roles of glycolipids and sphingolipids in their enriched contextures on cellular membranes, including their mechanisms of facilitation and regulation of intracellular signaling. This review also introduces new concepts about the roles of glycolipid and sphingolipid-dependent contextures in immunological functions.

Keywords: glycolipid, sphingolipid, membrane microdomain, ceramide synthase 2, phagocytosis, antigen presentation


INTRODUCTION

Biomembranes consist of a lipid bilayer, containing several types of lipids, in which proteins are embedded. In the fluid mosaic model, transmembrane proteins, such as receptors and binding proteins, are thought to float in a sea of lipids (Singer and Nicolson, 1972). The lipid bilayer is stable and provides a physical boundary that separates the inside from the outside of cells and cellular compartments. The major lipid components of biomembranes are phospholipids, sphingolipids, and cholesterol, all of which have different degrees of lateral motility. The non-homogeneous lateral distribution of these lipid components allows their rearrangement relative to certain membrane-associated proteins, leading to the formation of membrane areas (“microdomains”) with highly differentiated structural and/or functional contextures (Jacobson et al., 1995). Therefore, biomembranes are composed of a variety of distinct small domains that differ in their biophysical characteristics and compositions.

Similar to aqueous solutions, lipids undergo phase transitions in response to certain environmental conditions. Under physiological conditions, membrane bilayers exist in a fluid phase. The primary factor causing phase transitions is the ambient temperature. Above their melting temperature (Tm), individual lipids can move laterally across the surface of the membrane relatively unhindered, a highly fluid state known as the liquid disordered phase (Figure 1A). At temperatures below Tm, however, lipid bilayers exist in a solid-like phase known as the gel phase. Combinations of phospholipids and/or sphingolipids with cholesterol exist in a liquid ordered phase, which possessed both the solid-like qualities of gel phase as well as the high rate of lateral diffusion characteristic of the liquid-disordered phase (Dietrich et al., 2001). Glycosphingolipids (GSLs) are highly enriched on the outer leaflets of plasma membranes. These molecules possess hydroxyl and acetamide groups, which may act as hydrogen bond donors and acceptors, respectively, allowing them to form clusters through cis interactions (Figure 1B; Hakomori, 2003). In addition, certain membrane proteins, including glycosylphosphatidylinositol (GPI)-anchored and palmitoylated proteins, which associate with saturated fatty acid chains, tend to cluster in GSL-enriched microdomains (Pike, 2006). Functional liquid-ordered microdomains, also called lipid rafts, have been defined by their GSL- and cholesterol-rich nature, enrichment in GPI-anchored proteins and membrane-anchored signaling molecules, and association with the cytoskeleton (Simons and Ikonen, 1997; Melkonian et al., 1999; Manes et al., 2003; Nagatsuka et al., 2006; Pike, 2006; Kanzawa et al., 2009; Lingwood and Simons, 2010; Nakayama et al., 2018). However, it is difficult to monitor the dynamics of lipid domains formation on biomembranes without affecting the structural contexture of these domains. Thus, the concept of lipid raft-like domains remains obscure (Sezgin et al., 2017; Levental et al., 2020). This review describes the importance of glycolipid- and/or sphingolipid-dependent contextures of biomembranes on the physiological functions of cells.
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FIGURE 1. LacCer-enriched microdomain-mediated signaling and functions. (A) Typical lipid bilayer phase. (B) Structures of lactosylceramide and phosphatidylglucoside. Blue capital, electron acceptor atom. Red capital, electron donor atom. (C) Human neutrophils were incubated with Alexa546-anti LacCer monoclonal IgM at 4°C or 37°C for 15 min, and further incubated for 30 min on ice. After fixation, expression of LacCer on their cell surfaces was analyzed by flow cytometry (Iwabuchi et al., 2008). (D) The stained cells described in (C) were examined by confocal microscope, and 3D images were made by Imaris deconvolution software. (E) High performance thin layer chromatography analysis of LacCer in plasma membranes and granular membranes isolated from neutrophils and DHL60 cells (Iwabuchi et al., 2008). The C24-LacCer-containing upper band (C24) was missing from the plasma membranes of DHL60 cells. C16, C16-lacCer containing LacCer. Std, porcine blood-derived C24-LacCer enriched LacCer. PMN, plasma membranes of neutrophils. (F) In situ association of LacCer with Lyn on plasma membranes of neutrophils or DHL60 cells, as determined by immunoelectron microscopy of ultra thin cryo-sections prepared at ultra low temperature in the absence of organic solvents. Co-localization of LacCer (gray arrowheads) and Lyn (white arrowheads) in plasma membranes of human neutrophils, but not D-HL60 cells (Iwabuchi et al., 2008). Loading of C24:1- but not C16-LacCer onto D-HL60 cells resulted in co-localization of LacCer and Lyn, as in neutrophils. (G) Schematic illustration of the structural contexture of Lyn-coupled, LacCer-enriched microdomains. C24-LacCer molecules associated directly with Lyn, which is associated with the inner leaflets of cell membranes via palmitic chains, allowing LacCer-enriched microdomains to mediate neutrophil functions via Lyn. Crosslinking with the photoreactive 3H-LacCer analog indicates the presence of several C24-fatty acid chain-containing LacCer-associated proteins, including Lyn and Gαi small G protein (Chiricozzi et al., 2015).




HOW GLYCOLIPIDS FORM FUNCTIONAL MICRODOMAINS ON BIOMEMBRANES

Glycosphingolipids are expressed on the outer leaflets of biomembranes of mammalian cells (Murate et al., 2010, 2015). Carbohydrate moieties of GSLs change sequentially during differentiation (Hakomori, 1981), and the expression patterns of GSL species on plasma membranes differ among cell types (Symington et al., 1985). These findings suggested that each GSL plays specific roles in cell differentiation and functions. Post-translational modifications and/or intermolecular cis interactions with surrounding GSLs can induce structural and/or functional changes in membrane proteins. For example, the ganglioside (neuraminic acid-containing GSL) GM3 interacts with EGFR through its neuraminic acid residue (Coskun et al., 2011). GM3 negatively regulates the allosteric structural transition of EGFR from an inactive monomer to an active dimer with signaling properties. In addition, the neutral GSL, lactosylceramide (LacCer), was shown to be involved in glycosylphosphatidylinositol (GPI) side chain galactosylation on endoplasmic reticulum (ER) membranes during the biosynthesis of GPI-anchored proteins (Wang et al., 2020). The lateral heterogeneity of the GSL-enriched microdomains has been detected at nanometer scales (Hakomori, 2003; Iwabuchi et al., 2008; Fujita et al., 2009; Kina et al., 2011). LacCer, GM3 and GM1 have been reported to form microdomains on plasma membranes (Iwabuchi et al., 1998b; Iwabuchi and Nagaoka, 2002; Fratti et al., 2003). Their physicochemical properties differ markedly, with LacCer, GM3 (NeuAcGM3) and GM1 having Tms of 74.4, 35.5, and 19.3°C, respectively. Chain lengths of fatty acyl residues on GSL had a smaller effect on Tm than the complexity of the polar head group (Maggio et al., 1985). Despite having a Tm below body temperature, GM1 forms cholesterol-dependent clusters (liquid ordered domains) on plasma membranes of living cells (Maeda et al., 2007). LacCer- and GM3-enriched microdomains in living cells also contain cholesterol (Iwabuchi et al., 1998a; Iwabuchi and Nagaoka, 2002). GM1 and GM3 differ structurally in only two hexopyranose chains (galactose-β-1-3-N-acetyl galactosamine). Although they contain closely related species of molecular ceramides, GM1 and GM3 form different domains on plasma membranes (Fujita et al., 2007). Treatment with the cholesterol depleting agent methyl-β-cyclodextrin (MBCD) inhibited GM1-dependent influenza A virus endocytosis of human lung epithelial cells (Verma et al., 2018). In contrast, MBCD enhanced LacCer-enriched domain-mediated signal transduction in human neutrophils (Iwabuchi and Nagaoka, 2002). Further studies are necessary to evaluate the roles of carbohydrate moieties of GSLs in the structural and functional contextures of membrane microdomains.

The biochemically isolated membrane microdomains of human neutrophils, also called glycolipid-enriched microdomains (GEM) or detergent-resistant membranes (DRM), contain phosphatidylcholine with several saturated fatty acid chains (Iwabuchi et al., 2008). GPI anchored proteins are also known as microdomain-associated proteins (Pike, 2006). The association between GPI-anchored proteins and membrane microdomains requires the replacement of unsaturated by saturated fatty acid chains, especially the C18:0 chain at sn-2 in the Golgi (Maeda et al., 2007). The lipid moiety of GPI-anchored proteins is glycerophospholipids which have no hydroxyl group, and show only the ability to act as hydrogen bond acceptors (Hakomori, 2003). Phosphatidylglucoside (PtdGlc) is also a member of the glycerophospholipids and forms microdomains on the outer leaflet of plasma membranes, and is composed of C18:0 at sn-1 and C20:0 at sn-2 chains (Murate et al., 2010; Figure 1B). The Tm of PtdGlc is 76.4°C (Takahashi et al., 2012), which is much higher than that of C(18):C(20) phosphatidylcholine (Wang et al., 1995), suggesting that glucosylation of phosphatidic acid dramatically raises the Tm of phospholipids. LacCer and PtdGlc are highly expressed on the outer leaflet of plasma membranes of human neutrophils (Murate et al., 2010, 2015). Therefore, it may be possible that the structural and functional contextures of PtdGlc-enriched microdomains are close to those of LacCer. However, PtdGlc and LacCer form different microdomains than each other on the same living cells, and each mediate different cell functions (Kina et al., 2011). Along with the binding of specific monoclonal antibodies, PtdGlc, but not LacCer, associates with Fas to mediate spontaneous apoptosis in human neutrophils. PtdGlc is preferentially expressed on plasma membranes during the neutrophil differentiation pathway of cord blood CD34(+) cells treated with cytokines (Oka et al., 2009), as well as being involved in neutrophil differentiation itself (Nagatsuka et al., 2003). In contrast, LacCer, which is only expressed on plasma membranes of mature neutrophils, mediates neutrophil chemotaxis, phagocytosis, and superoxide generation (Iwabuchi and Nagaoka, 2002; Sato et al., 2006; Nakayama et al., 2008, 2016). The Src family kinase Lyn is essential for LacCer-mediated neutrophil functions, but is not involved in PtdGlc-mediated apoptosis (Kina et al., 2011). These observations clearly indicate that different types of glycolipid-dependent microdomains are involved structurally and functionally in neutrophil differentiation and immunological functions.

Since LacCer is only expressed on the outer leaflet of plasma membranes (Murate et al., 2015), LacCer cannot migrate to the inner leaflet of the cells by itself. LacCer was found to form large cluster on plasma membranes when human neutrophils were treated with the anti-LacCer antibody T5A7 at 37°C, but not at 4°C, for 15 min, whereas the level of expression of LacCer was not affected by temperature (Iwabuchi et al., 2008; Figures 1C,D). Although neutrophilically differentiated HL-60 cells (D-HL60) cells were also positive for LacCer, LacCer did not form large clusters on the membranes of these cells, and T5A7 did not affect the immunological functions of D-HL60 cells (Iwabuchi and Nagaoka, 2002; Sato et al., 2006; Iwabuchi et al., 2008). These results indicate that crosslinking of LacCer-enriched microdomains, which are connected to the cytoskeleton, can activate neutrophils, resulted in aggregation of their microdomains. In contrast, LacCer-enriched microdomains on D-HL60 cells could not form the required functional contexture.

Ceramide synthase 2 (CerS2) is the enzyme responsible for the synthesis of C22 and C24 ceramides (Laviad et al., 2008; Imgrund et al., 2009; Pewzner-Jung et al., 2010a). Elongation of very long chain fatty acids protein 1 (ELOVL1) is also essential for the production of C24 fatty acid-containing SLs. ELOVL1 siRNA and CerS2 siRNA reduced Lyn activation in HeLa cells (Ohno et al., 2010). In microsomal lipid extract obtained from CerS2 null mice, biophysical properties of biomembrane showed higher fluidity and morphological changes (Pewzner-Jung et al., 2010b). The major molecular species of LacCer in human neutrophil plasma membranes include C16:0, C24:0, C24:1, and C22:0, whereas the molecular species of LacCer in plasma membranes of D-HL60 cells contain little C24:0 and C24:1 (Figure 1E). Reconstitution experiments showed that introducing C24-LacCer into plasma membranes of D-HL60 cells resulted in the formation of Lyn-associated, LacCer-enriched microdomains (Figure 1F) and that treatment of these cells with T5A7 induced immunological functions. Moreover, cross-linking using azide-photoactivatable 3H-LacCer showed that C24:0-LacCer, but not C16:0-LacCer, was directly associated with Lyn in living cells (Chiricozzi et al., 2015). These findings suggest that C24 fatty acid chains of GSLs are essential for the GSL-mediated trans-bilayer signaling systems of GSL-enriched microdomains.

The cholesterol in membrane microdomains causes spaces in the central part of the membrane to be unoccupied, allowing the interdigitation of longer alkyl chains (Kusumi et al., 2004). The thickness of plasma membranes has been estimated to be about 4 nm (Teneberg et al., 2004; Kain et al., 2014; Figure 1G). In comparison, the fatty acid chain lengths of C24:0- and C24:1-LacCer species are about 3.2 nm, more than 40% the half hydrophobic thickness of biomembranes (Tanford, 1980). Nuclear magnetic resonance (NMR) of artificial lipid bilayers has indicated that C24, but not C22:0 and shorter, fatty acid chains of LacCer interdigitate with fatty acids of the opposing monolayer (Grant et al., 1987). Atomistic molecular dynamics simulations have indicated that very long fatty acid chain-containing GM1 was connected to the inner leaflet of membranes via interdigitation (Manna et al., 2017). LPS treatment of hepatocytes from CerS2 null mice did not induce internalization of tumor necrosis factor receptor 1 (TNFR1) or TNFR1-mediated cell death, nor did it affect Fas-dependent apoptosis (Ali et al., 2013). The loss of C24 fatty acid chain-containing sphingolipids (C24-SLs) directly affected insulin receptor translocation and subsequent signaling in mouse liver cells (Park et al., 2013). Translocation of granulocyte-colony stimulating factor receptor (GCSFR) into membrane microdomains and subsequent Lyn activation were not observed in bone marrow cells from CerS2 null mice (Kurz et al., 2019). These observations using CerS2 null mice strongly indicated that C24 fatty acid chains of GSLs and/or sphingomyelin play essential roles in several biological activities of these cells.



GLYCOLIPID-ENRICHED MEMBRANE MICRODOMAINS CHANGE THEIR CONTEXTURES DURING THEIR-DEPENDENT CELLULAR FUNCTIONS

Mammalian cells express several kinds of glycolipids, which mediate glycolipid-specific cell functions (Chiricozzi et al., 2015; Furukawa et al., 2018; Groux-Degroote et al., 2018; Iwabuchi, 2018; Nakayama et al., 2018). LacCer is highly expressed on the plasma membranes of human phagocytes, especially neutrophils. Among GSLs, only LacCer binds to a wide range of infectious microorganisms in humans, including Mycobacterium tuberculosis (M. tuberculosis), Shigella dysenteriae, Vibrio cholerae, E. coli, Candida albicans, Bordetella pertussis, and Helicobacter pylori (Karlsson, 1989; Saukkonen et al., 1992; Angstrom et al., 1998; Sato et al., 2006; Nakayama et al., 2016). LacCer-enriched microdomains specifically bind to β-1,6 long glucopyranose side chains branched with a β-1,3 glucopyranose of β-glucan expressed on Candida albicans (Sato et al., 2006). Lipoarabinomannan (LAM), which is commonly expressed on mycobacteria, has a mannan core structure, consisting of a 21–34 residue α(1→6)-mannopyranose backbone and five to 10 α(1→2)-mannopyranose side chains (Mishra et al., 2011). Regardless of pathogenicity, LacCer-enriched microdomains that react with Mycobacteria form through binding to the mannan core structure (Nakayama et al., 2016). The phosphatidylinositol-capped LAM (PILAM) α1,2-mannosyltransferase deletion mutant (ΔMSMEG_4247), which lacks the α1,2-monomannose side branches of the LAM mannan core, did not bind to LacCer or induce phagocytosis, indicating that the mannan core structure is essential for phagocytosis by human phagocytes. These findings suggest that LacCer-enriched microdomains on human neutrophils act as pattern recognition receptors (PRRs) against microorganisms through the common structural patterns of fungal β-glucans and mycobacterial LAMs. Interestingly, mouse neutrophils expressed low levels of LacCer, and LacCer-mediated functions were limited (Iwabuchi et al., 2015). Taken together, these findings indicated that LacCer-enriched microdomains on human cells are specifically responsible for the immunological activities of these cells against pathogenic microorganisms.

In human neutrophils, 90% of LacCer is contained within microdomains on intracellular biomembranes and does not translocate to plasma membranes (Iwabuchi and Nagaoka, 2002; Iwabuchi et al., 2008). Several types of cellular granules sequentially fuse to bacteria-containing phagosomes. Membrane contact sites (MCSs) are present at the fusion sites of organelles and phagosomes, especially at the fusion sites of the ER with endolysosomes, phagosomes, the Golgi and mitochondria (Yamaji and Hanada, 2015; Hariri et al., 2016; Nunes-Hasler and Demaurex, 2017; Hanada, 2018; Tamura et al., 2019; Tu et al., 2020). In each MCS, membrane microdomains on organelles form sub-regions (Nunes-Hasler and Demaurex, 2017). However, the types of molecules essential to form functional contextures of MCSs are still not completely known. Phagosome maturation in the mouse macrophage cell line RAW264.7 cells was associated with a decrease in CerS2, but an increase in C24-ceramide molecules (Pathak et al., 2018).

Granular LacCer-enriched microdomains reorganize into microdomains on phagosomal membranes (Nakayama et al., 2016). Lyn-coupled LacCer-enriched microdomains participate in the phagocytosis of mycobacteria (Nakayama et al., 2016), whereas LacCer-enriched microdomains coupled to the Src family kinase Hck form a functional contexture for phagolysosome maturation. Importantly, Hck was not associated with LacCer-enriched microdomains in resting neutrophils, indicating that Hck association with LacCer-enriched microdomains is indispensable for fusion of lysosomes to phagosomes. Intracellular pathogens, such as M. tuberculosis, target membrane microdomains of target cells (Manes et al., 2003). Pathogenic mycobacteria express ManLAM (Kaur et al., 2008), which inhibits the fusion of lysosomes to phagosomes, enabling these bacteria to survive in host phagocytes (Diacovich and Gorvel, 2010). Pathogenic mycobacteria disrupt the coupling of LacCer-enriched microdomains with Hck on phagosomal membranes through the mannose-capping motif of ManLAM (Nakayama et al., 2016). Collectively, to kill microorganisms, human neutrophils must express Lyn-coupled LacCer-enriched microdomains on plasma membranes, trapping the microorganisms. Phagolysosome maturation requires LacCer-enriched microdomains to be reconstructed with Hck on phagosomal membranes, thereby altering their functional contexture. The biomembranes of human phagocytes contain several different LacCer-enriched microdomains, forming appropriate functional contextures for their specialized functions.



ROLE OF SPHINGOLIPIDS AND THEIR METABOLITES ON ANTIGEN PRESENTATION

Microdomains have been suggested to be essential for the antigen presentation process against microorganisms (Poloso et al., 2004; Shrestha et al., 2014; Zuidscherwoude et al., 2014). Antigen presentation by macrophages and dendritic cells begins with these cells engulfing microorganisms. The phagosomes that form within these cells fuse with lysosomes, yielding phagolysosome, which digest the engulfed microorganisms (Figure 2). These degradation products in phagolysosomes bind to molecules of the major histocompatibility complex (MHC) (Figure 2D). Finally, these antigen-MHC molecular complexes are transported to the cell surface (Figure 2F). Assessment of RAW264.7 showed that CerS2 accumulated in phagosomes during engulfment, and that C24-ceramides were enriched in late phagolysosomes (Pathak et al., 2018).
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FIGURE 2. Very long fatty acid chain-containing sphingolipid metabolites mediate antigen presentation during phagocytosis of microorganisms. (A,B) Recognition of microorganisms generates sphingomyelin metabolites, including ceramide, as well as their conversion to ceramide-1-phosphate and sphingosine-1-phosphate. (C) These metabolites promote phagolysosome formation. (D) V-ATPase promotes phagosome maturation by, for example, fusing with lysosomes to degrade microorganisms, and reduced pH adjusts MHC class II activity. (E,F) Following antigen loading onto MHC class II molecules, the complexes translocate to the plasma membrane for antigen presentation.


Sphingomyelin and its metabolites are important during the recognition phase of antigen presentation. Knock-out of the gene encoding sphingomyelin synthase (SMase) 1 in human monocytic leukemia cell line U937 cells was found to inhibit the phagocytosis of M. tuberculosis. Moreover, knockout of the gene encoding serine palmitoyltransferase 2 impaired clustering of PRRs, such as Dectin-1, in RAW264.7 cells (Niekamp et al., 2019). The phosphatase CD45 did remained at the receptor-pathogen contact site of nascent phagosomes. In general, SM, one of the main components of membrane microdomains, is distributed uniformly on the outer leaflets of plasma membranes of cells, including human neutrophils (Zachowski, 1993; Murate et al., 2015). Recently, our group found SM clusters on the inner leaflets of plasma membranes of human neutrophils (Murate et al., 2015). Sphingomyelinase, ceramidase, and sphingosine kinase, along with other related enzymes, are present in the cell cytosol (Milhas et al., 2010). After recognition of antigen, intracellular Src and Syk are phosphorylated (Edberg and Kimberly, 1994), and changes in intracellular Ca2+ concentrations during phagolysosome formation activate phospholipase (PL)C or D (Sawyer et al., 1985; Corrotte et al., 2006). Higher concentrations of intracellular Ca2+ activate ceramide kinase to generate C1P (Mitsutake and Igarashi, 2005), which enhances phagolysosome maturation (Hinkovska-Galcheva et al., 2005). S1P has also been found to mediate Ca2+-dependent phagolysosome maturation (Malik et al., 2003; Figure 2C). To produce S1P, ERK1/2 phosphorylates sphingosine kinase (SphK) at Ser255, and the phosphorylated SphK translocates to the plasma and phagosome membranes during phagocytosis (Thompson et al., 2005). Intracellular S1P lyase 2, which can digest S1P, inhibits phagolysosome formation in macrophages (Abu Khweek et al., 2016), whereas C1P regulates the activity of SphK (Nishino et al., 2019). M. tuberculosis can avoid destruction by macrophages via inhibition of SphK activity (Malik et al., 2003). Therefore, cytosolic leaflet-associated SM would constitute a starting material for microdomains on phagosomal membranes, promoting phagolysosome maturation and the antigen presentation process.
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Strains Genotype Source

BY4741 MATa his3 leu2 met15 ura3 Euroscarf

NDY257 BY4741 rin1::kanMX4 yop1::kanMX4 rtn2::kanMX4 Voeltz et al., 2006
SEY6210.1 MATa leu2—3,112 ura3—52 his3—A200 trp1—A901 lys2—801 suc2— A9 Manford et al., 2012
ANDY214 SEY6210.1 tcb1A::KANMXE tch2 A::KANMXE tch3 A::HISMX6 Manford et al., 2012
Sey1-TAP S5288C; ATCC 201388; MAT a his3A 1 leu2 AO met15A0 ura3A0 SEY1-TAP::HISSMX6 GE Dharmacon
Yop1-TAP S288C; ATCC 201388; MAT a his3A 1 leu2 AO met15A0 ura3A0 YOP1-TAP::HIS3MX6 GE Dharmacon
Vph1-mCherry BY4741 VPH1-mCherry::LEU2 This study

rin1A rin2A yop1 A Vph1-mCherry BY4741 rin1::kanMX4 yop1::kanMX4 rtn2::kanMX4 VPH1-mCherry::LEU2 This study
Erg6-RFP MATa his3A1 leu2 A0 lys2 A0 ura3A0 ERG6::mRFP kanMX6 Huh et al., 2003
Rtn1-GFP MATa his3A1 leu2 AO met15A0 ura3A0 Rin1-GFP:: HisSMX Huh et al., 2003
Plasmids Description

pRS426-G20 TEF2 promoter, GFP-Spo20°'=°" (2, URAS) Nakanishi et al., 2004
pGPD416-C13-GFP GPD promoter, C13-GFP (CEN, URA3) Ganesan et al., 2018
pESC LEU2 GAL1/10 promoter (2 ., LEU2) Agilent

YEplac181-GAL1/10-DGK1
YEplac181-GAL1/10-DGK1[D177A]

DGK1 under control of GAL1/10 promoter in YEplac181 (2 , LEU2)
DGKT1[D177A] under control of GAL1/10 promoter in YEplac181 (2 n, LEU2)

Han et al., 2008
Han et al., 2008
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Protein

Rtn1

Rtn2

Yop1

Sey1

Description*

Reticulon protein; involved in nuclear pore assembly and maintenance of tubular ER morphology; promotes membrane curvature; regulates the ER
asymmetry-induced inheritance block during ER stress; role in ER-derived peroxisomal biogenesis; increases tubular ER when overexpressed; mutants
have reduced phosphatidylserine transfer between the ER and mitochondria; interacts with exocyst subunit Sec6p, Yip3p, and Sbh1p; member of the
RTNLA subfamily

Reticulon protein; involved in nuclear pore assembly and maintenance of tubular ER morphology; promotes membrane curvature; regulates the ER
asymmetry-induced inheritance block during ER stress; role in ER-derived peroxisomal biogenesis; interacts with Sec6p, Yip3p, and Sbh1p; less abundant
than RTN1; member of RTNLA (reticulon-like A) subfamily; protein increases in abundance and relocalizes to plasma membrane upon DNA replication stress
Reticulon-interacting protein; ER integral membrane protein involved in the generation of tubular ER morphology; promotes membrane curvature; forms
tubules in vitro; regulates the ER asymmetry-induced inheritance block during ER stress; role in ER-derived peroxisomal biogenesis; interacts with Yip1p to
mediate membrane traffic and with Sey1p to maintain ER morphology; facilitates lipid exchange between the ER and mitochondria; forms ER foci upon
DNA replication stress

Dynamin-like GTPase that mediates homotypic ER fusion; has a role in ER morphology; interacts physically and genetically with Yop1p and Rtn1p; functional
ortholog of the human atlastin ATL1, defects in which cause a form of the human disease hereditary spastic paraplegia; homolog of Arabidopsis RHD3

*From the Saccharomyces Genome Database.
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Alkaloid POPC DPPC POPC

—A ¢p(max), mV K, pnM — Ag@g(max), mV ATp,°C —ATm, °C ATy)2,°C RFmax, %
Caffeine 242 na® na 0 0 0 3+1
Pentoxifylline 4+2 na na 0 0 0 241
1,7-Dimethyixanthine 23+5 1M1 +7 21+6 0 0 0 5+1
3,9-Dimethylxanthine 443 na na 0 0 0 441
Theophyliine 41 +16 42 +16 40+5 = 0.2+ 0.1 0.1 £0.1 6+1
3-Isobutyl-1-methyixanthine 22 +3 33+13 20+9 = 0.9+ 0.1 0.1 £0.1 7T+2
7-(B-hydroxyethyi) theophylliine 612 na na 0 0 0 441
Lupinine 3+3 na na 0 0.5+ 0.1 0.1 +£0.1 5+2
Cotinine 642 na na 0 0 0 3+1
Atropine 4+4 na na 0 0 0 341
Quinine 2649 80 £10 16+6 - 0.6 £ 0.1 0.7 £0.1 12+ 1
Berberine 342 na na - 0.3+0.3 0.1 £0.1 12438
Piperine 51+8 79423 40+ 13 . 28403 0.9+0.2 31+9
Melatonin 26+9 37 +9 15+8 = 0.7 £ 0.1 0.1 £0.1 2+1
Tabersonine 6+2 na na — 02401 24+04 81+5
Colchicine 27T+ 56 19+3 29+ 11 25+0.8 0.8+0.3 0.8 £0.1 4+2
Capsaicin 118 £ 11 32+7 92 + 11 = 48+0.6 3.6+09 5r+5
Dihydrocapsaicin 119 £ 12 26 +6 92+ 15 = 41+02 22+0.3 66 + 4
Hordenine 2948 1892 23+ 11 3.0+ 0.6 10+02 0.1 0.1 6+1
Synephrine 41 +12 44 +6 24+9 32+02 0.8+ 0.1 0.1 £0.1 6+1
Solanidine 2:4:2 na na = 09+02 1.1+0.1 4+2
Conessine 1948 29+ 14 12+7 = 1.8+04 0.7 £0.1 30+2

$na, not applicable. *The pre-transition was suppressed.
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Alkaloid POPC POPC DOPE/DOPS POPC/Chol
SyrE GrA CecA Nys
Gsc, pPS T, ms Gsc, PS TS 'oo”ooo 'oo/'oo0

Control 49 +1 114+ 4 225+0.6 3.0+1.0 = =
Pentoxifylline 50+ 2 140+9 23.0+0.8 35+09 0.9+01 10401
Piperine 47+ 2 5+1 220+1.1 27 +141 0.3+ 0.1 45+09
Capsaicin 45+3 1+£1 250+1.0 59+20 0.1+ 0.1 41+£1.0
Dihydrocapsaicin 46+ 2 1+£1 26.6 £ 0.8 48+1.0 0.2+01 98+23
Synephrine 49+ 2 67 £2 22.0+0.8 28+1.1 11+04 1:2 £0:

The lipid composition of bilayers is presented in this table. The membranes modified by SyrE, GrA, CecA, and Nys were bathed in 2.0, 1.0, 0.1, and 2.0 M KC|,

respectively (pH 7.4).
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Compound

Membrane composition

DPhPC POPC POPC/POPG
—A ¢p(max), mV K,p M —A ¢p(max), mV K,p M —A ¢p(max), mV K,pu M
c1 14 £ 10 2549 20+8 69 + 18 = -
c2 40 +12 42 +£12 60 + 10 57 +4 44 + 14 23+5
c3 141 - 7+5 -8 17+ 4 4+3
c4 3+1 -8 5+3 -8 - -
c5 67 +8 15+ 3 49 + 15 24 +8 50 & 10 15+4
c6 137 £ 10 6+ 1 100 + 25 10+2 14+ 6 247
c7 21+9 28+8 20+9 77+ 14 - -
c8 60 + 8 60 + 10 60 + 12 49 + 15 5047 100+ 15

Agp(max), the maximum change in the membrane boundary potential; and K, desorption constant. $, desorption constant is not determined.
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Compound

Antifungal pore-forming agent

SyrE*

Iscs PS
= 1683+ 2
C1 150 £ 3
C3 161 +£2
C6 130+ 3
c8 140 +£ 3

t, ms

126 £ 20
96 + 16
98 + 16
15+4
1942

Pop

0.8+0.2
0.8+0.3
0.7+0.2
0.2+ 041
0.4+02

Ioo/15,°

0.9 +0.1
0.5+0.2
82+37
0.7 +£0.3

Nys& Fen*
| Y/
09+0.1 1.0+ 0.1
09+0.1 0.9+ 01
56+0.7 8.9 £ 3.1
0.8+ 0.1 0.8+02

gsc, conductance of single channels in the absence and presence of the compound at V = —200 mV: <, dwell time of single pores; Ix/Ix°, ratio of the transmembrane
current induced by the antifungal in the presence and absence of modifier at V = 50 mV. The lipid bilayers were composed of DPhPC (*), DPhPC/CHOL (%), and

POPC/POPE/POPG/ERG (*).
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Compound L:C ratio DSC parameters
ATp,°C —ATm, °C ATyp2,°C —A A H, kcal/mol
C1 50:1 0 0 0 5+3
10:1 0 0 0 6+3
c2 50:1 05+03 0 0 5+3
10:1 0.5+02 0 0 5+3
C3 50:1 —F 07402 08+03 10+3
10:1 — 1.0+£0.2 31+03 8+3
C4 50:1 = 04+£02 1.0+0.2 9+4
10:1 —F 0.5+01 42+07 Tiki2
C5 50:1 —F 0.2+041 0.1 £041 7+4
10:1 = 0.2+041 0.1 +£041 7+4
Cé 50:1 i 0.2+041 0.2+041 16+4
10:1 i 0.2+041 0.2+041 13+4
c7 50:1 —F 0 0 4+2
10:1 — 0.1+041 0.1 +£041 3+2
C8 50:1 —F 05+0.1 05+0.1 8+4
10:1 —F 0.8+0.2 20+04 5+3

ATp, changes in the maximum temperature of the pretransition; ATm, changes in the maximum temperature of lipid melting; ATy/2, changes in the half-width of the main
peak; and A AH, enthalpy changes of the main phase transition. *The pretransition is suppressed. The temperatures of the pretransition and main transition of untreated
DPPC are approximately 34.0 and 41.2°C, respectively, with the half-width of the main peak of approximately 0.5°C. These data are in a good agreement with the results

of Koynova and Caffrey (1998).
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Compound Chemical structure Chemical name References*

o on

c 5-acetyl-4-hydroxy-2H-1,3-thiazine-2,6-dione Yuskovets et al., 2007

c2 5-[N-(2-aminophenylethanimidoyl-4-hydroxy-2H-1 3-thiazine-2,6-dione Yuskovets et al., 2006

ca 3-benzyl-6-phenyl-3H-1,2,3,4-dithiadiazole-2-oxide Yuskovets et al., 2018

c4 3-(2-methylphenyi)-5-phenyl-3H-1,2,3,4-dithiadiazole-2-oxide

cs 2-benzyithio-benzhydrazide Forsgren and Sandstrom, 1960
Q
SN,

ce N'-(35-ifluoropheny))-benzenecarbothiohydrazide Jensen et al,, 1961
OW(W\"(\/// !

cr ! N'-(2-oyanoethy)-benzenecarbothiohydrazide

( j 2 [ j
!
A
c8 N-benzylbenzene-carbothiohydrazide Forsgren and Sandstrom, 1960

*The compound was synthesized as described in References.





