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Editorial on the Research Topic
 Use of 3D Models in Drug Development and Precision Medicine: Advances and Outlook



Three-dimensional (3D) in vitro models in the drug development pipeline can help selecting the most promising and safe drug candidates at the pre-clinical stage, prior to clinical trials, reducing and sometimes even replacing animal studies in accordance with the “3Rs (Reduction, Refinement and Replacement) principle” (Herrmann and Jayne, 2019). Several types of 3D in vitro cultures have been developed for this purpose, including advanced models such as organ-on-chips and microfluidic models (Sontheimer-Phelps et al., 2019; Peck et al., 2020), organoids (Kim et al., 2020), and mini-organs (Lawlor et al., 2020). These models have also opened many new opportunities and research directions in the drug discovery space. For example, 3D organoids generated from cells harvested from patients can be applied toward a personalized medicine approach. Moreover, the development and translational investigation of new therapies or treatments for degenerative or regenerative applications, can be expedited by tissue engineering solutions powered by the current knowledge in 3D in vitro modeling. This facilitates drug formulation and screening with a direct input into the regulatory science and industrial technological innovation pipeline.

This Research Topic covers the areas of the development, use and validation of in vitro 3D models where novel methodologies and findings demonstrate the key role of three-dimensionality in biology, and provide a platform to increase the success rate in translating new diagnostic and treatment solutions into real clinical innovative approaches to the benefit of patients. This Research Topic features five review and perspective articles, which elucidate the multiple facets of the field of alternative models in drug discovery and provide critical considerations for its short- and long-term development. These reviews are complemented by three original research articles, which help contextualizing the challenges and the potential of the state-of-the-art in 3D in vitro modeling.

In the cancer research area, Kitaeva et al. contributed with a review on advanced in vitro models. This manuscript provides an in-depth comparison of different methodologies including two- and three-dimensional cultures, Boyden chambers, microfluidic systems, and 3D bioprinting. Mondadori et al. performed a systematic literature review updated to January 2020 on the microfluidic models available for the study of cancer and immune cells extravasation highlighting the key role of biophysical, biochemical, and environmental factors in the several studies analyzed. Similarly, Bracher et al. discuss the need for a systematic approach to review in vitro methods in brain tumor research. This approach would enable to identify relevant appraisal criteria to aid planning and/or evaluation of brain tumor studies using advanced in vitro methods.

In the tissue engineering field, the review by Thompson et al. provides insights on commercially available organ-on-chip platforms incorporating active biomechanical stimulation. The authors highlight instances where mechanical stimuli can drastically alter a given biochemical response with relevance to pre-clinical studies. They also critically discuss which level of approximation of the in vivo conditions is sufficient for the proposed screening applications. In their review entitled “Building Scaffolds for Tubular Tissue Engineering,” Boys et al. from University of Cambridge, discuss some of state-of-the-art methods for producing hollow and tubular systems. The latter deem essential to provide crucial tissue structures including vasculature, the intestines, and the trachea. The authors carefully review different methodologies such as casting, electrospinning, rolling, 3D printing, and decellularization.

In the lung research area, Movia et al. present a perspective article on the status and the outlook of in vitro respiratory models for toxicity studies. Notably this contribution provides a compendium of regulatory information useful for all researchers in the field. Ramos-Gomes et al. took a distinct perspective for their contribution to the topic, by introducing a novel method to study nanoparticle-cell interactions in the lung. This work details a clever imaging protocol to obtain time-series at high spatial resolution in an ex vivo system. The authors discuss the potential of this approach for assessing novel therapeutic strategies with a special emphasis on nanomedicine.

In the organoids and mini-organs field, Zietek et al. describe the applicability of 3D organoids for in vitro investigation of intestinal biochemical processes related to transport and metabolism of nutrients and drugs. The authors, relying on a wide range of methodologies, provide a thorough assessment of the robustness and reliability of intestinal organoids. Whereas, Govindan et al. detail the step-by-step procedure leading to the generation of human mini-brains (i.e., 3D brain in vitro spheroid models comprising of neurons and glial cells, generated from human induced pluripotent neural stem cells) and the protocols to successfully label projection neurons, perform immunohistochemistry and 3D imaging at large scales.

In conclusion, this Research Topic provides an extended overview of the advanced in vitro approaches that can be applied to drug development and precision medicine. We are sure the reader will find this Research Topic as a useful reference for state-of-the-art in the fast-growing field of 3D cultures, organ-on-chip, organoids and mini-organs and their use in the relevant toxicology, bioengineering, and biomedical fields.
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The development of new high-tech systems for screening anticancer drugs is one of the main problems of preclinical screening. Poor correlation between preclinical in vitro and in vivo data with clinical trials remains a major concern. The choice of the correct tumor model at the stage of in vitro testing provides reduction in both financial and time costs during later stages due to the timely screening of ineffective agents. In view of the growing incidence of oncology, increasing the pace of the creation, development and testing of new antitumor agents, the improvement and expansion of new high-tech systems for preclinical in vitro screening is becoming very important. The pharmaceutical industry presently relies on several widely used in vitro models, including two-dimensional models, three-dimensional models, microfluidic systems, Boyden’s chamber and models created using 3D bioprinting. This review outlines and describes these tumor models including their use in research, in addition to their characteristics. This review therefore gives an insight into in vitro based testing which is of interest to researchers and clinicians from differing fields including pharmacy, preclinical studies and cell biology.
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INTRODUCTION

The number of patients diagnosed with cancer is increasing worldwide and one of the most important challenges remains the development of effective, safe and economically viable antitumor drugs. Clinical approval for drugs tested in preclinical studies enabling them to enter phase I clinical trials is essential. Currently, potential anticancer drugs have a very low rate of gaining clinical approval at around 7%, much lower than drugs for other diseases (Hay et al., 2014). Given the high cost and duration of anticancer drug clinical development it is necessary to develop new, more effective preclinical platforms for screening antitumor compounds (Imamura et al., 2015).

In vitro tumor models are a necessary tool in not only the search for new substances showing antitumor activity but additionally for assessing their effectiveness. Realistic in vitro models of tumors enable more detailed primary screening of potential antitumor drugs thus preventing drugs with insufficient antitumor activity from entering preclinical animal testing. Pharmacological testing on animal models is carried out to assess bioavailability, toxicity at specific doses and therapeutic efficacy of compounds (Stevens and Baker, 2009). According to industry standards, any novel drugs must undergo preclinical trials using animal models before being admitted to human clinical trials. However, the use of animal models can cause a number of problems including high cost, differential responses due to physiological variations between species, and limitations in test availability and feasibility (Bileckot et al., 1991). This presents an opportunity and a requirement for the creation of more high-tech in vitro models to assess the therapeutic efficacy of antitumor drugs.



TUMOR MICROENVIRONMENT

The behavior of the tumor in the body is determined by cells within the tumor and stromal tumor microenvironment (TME) and the extracellular matrix (ECM), which provides structural support for cells in the extracellular space (Chiantore et al., 2015). The TME is characterized by a low extracellular pH and a high level of hypoxia, both factors moderate dormant phenotypes of tumor cells. As a result, these factors are associated with development of therapy resistance and poor prognosis of tumor-bearing patients (Peppicelli et al., 2017; Butturini et al., 2019). The tumor biological characteristics are similar to the chronically unhealed wound with constant inflammation, which contributes toward tumorigenesis, tumor progression and metastasis (Gal et al., 2017). Attracted by the tumor stromal microenvironment, other cell types also play a key role in not only tumor progression and metastasis, but also in the formation of resistance to therapies (Wu and Dai, 2017). Within the TME many other cellular components reside including immune cells (T-lymphocytes, B-lymphocytes, neutrophils, natural killer cells (NK-cells) and macrophages), endothelial cells associated with the tumor, fibroblasts, myofibroblasts, adipocytes, pericytes and mesenchymal stem/stromal cells (MSCs) (Chiantore et al., 2015).

The stromal cells and fibroblasts within the TME are known to secrete growth factors and chemokines, which support the growth and survival of malignant cells and additionally function as chemoattractants that stimulate the migration of other cells into the tumor (Hanahan and Coussens, 2012). MSCs are involved throughout every stage of tumor development: avoiding immunological surveillance, stimulating tumor angiogenesis, developing resistance to therapy, invasion and metastasis, as well as inducing the transition of tumor cells into a low-differentiated state and the formation of stem tumor cells (Sun et al., 2014). Of great interest is the interaction between immune cells and tumor cells, this is primarily due to the dual role of immune cells and the factors they produce. Immune reactions prevent and inhibit the development of tumors, however, recent evidence suggests that immune cells in the tumor microenvironment closely interact with transformed malignant cells, thus promoting oncogenesis (Payne et al., 2014).

An important component of TME is the ECM, consisting of components with various physical and biochemical properties, including proteins, glycoproteins, proteoglycans and polysaccharides (Insua-Rodriguez and Oskarsson, 2016). ECM provides physical support for TME cells, and also it is a source of key growth factors. In the late stages of the ECM become disorganized. ECM modulates the behavior of stromal cells in the tumor microenvironment, which leads to the induction of inflammatory reactions and the growth of new blood vessels (Trivanovic et al., 2016).

Thus, the study of the tumor as a complex environment can make a significant contribution to improving the quality of cancer treatment, as can the development of new diagnosis and personalized therapeutic methodologies (Chulpanova et al., 2018a, b, c), alongside the creation of new, realistic tumor models for the effective screening of new substances exhibiting potential antitumor activity.



TWO-DIMENSIONAL CULTURES

Until the 1980s, the National Cancer Institute (NCI) used in vivo mouse models of P388 or L1210V leukemia for systematic screening of drugs (Waud, 2011). These models possessed high levels of productivity and stability, were convenient for data interpretation, and were relatively inexpensive. Despite these qualities, a significant drawback to these models was the inability to identify potential antitumor substances aimed at treating solid tumors. This drawback was taken into account, and by the end of the 80s, an in vitro panel for drug screening was developed, consisting of 60 different human cell lines originating from tumors (leukemia, melanoma, tumors of the central nervous system, cancer of the lungs, colon, ovaries, breast, kidney, and prostate), which was called NCI60 (Mingaleeva et al., 2013).

Testing a drug of interest using the NCI60 panel involves the application of two-dimensional (2D) tumor cell cultures, grown in a monolayer on a flat surface (Takimoto, 2003). During the first stage of screening, testing is carried out on the three cell lines that are frequently the most sensitive to drug therapy, MCF7 (breast adenocarcinoma), NCI-H460 (lung carcinoma) and SF-268 (glioma) (Blatt et al., 2013). The cytotoxicity of the test substance is determined using the pink anionic dye sulforodamine B. If the test substance inhibits the growth of at least one cell line, testing proceeds to the next stage comprising of the full 60 cell line panel (Mingaleeva et al., 2013). In 2017, the NCI ALMANAC database was created based on screening results using the NCI60 panel1. The database helped identify new effective combinations of existing antitumor drugs and new clinical trials were launched (Holbeck et al., 2017).

By analogy with the NCI60 panel, the Japanese Foundation for Cancer Research (JFCR) developed a panel in the 1990s consisting of 30 tumor lines from the NCI60 panel, plus nine tumor cells lines specific to the Japanese population, specifically gastric cancer cells (St-4, MKN-1, MKN-7, MKN-28, MKN-45, and MKN-74) and breast cancer cells (HBC-4, HBC-5, and BSY-1). Thus, the panel included 39 cell lines and was therefore called JFCR39 (Nakatsu et al., 2007). However, during clinical trials, it became apparent that drugs that have shown high efficacy in 2D in vitro models do not always work or can have a low efficacy in oncology patients (Shoemaker, 2006). This phenomenon is partially explained by the fact that cells grown in 2D cultures do not have a complex three-dimensional tissue architecture and do not exactly reflect the complex interactions between TME or ECM and cells which exist in the body (Figure 1A; Rizvanov et al., 2010).
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FIGURE 1. Different types of in vitro tumor models. (A) Two-dimensional cell cultures based on monolayer (1) consisting of tumor cells (2) co-culture included tumor and stromal cells. (B) The Boyden chamber scheme, analyzing the ability of cells to migrate – cells with high invasive potential pass through the porous membrane. (C) Three-dimensional cellular models based on multicellular spheroids/organoids: (1) spheroids consisting of tumor cells (2) a tumor stroma model based on the co-cultivation of several types of cells on extracellular matrix model model or on the organoid-based manner (3) spheroids created using the hanging drops method. (D) Scheme of microfluidic system that evaluates the invasive potential of tumor cells – a mixture of hydrogel and cells is placed in the central channel, into the lateral channels placed the enriched/depleted factors medium depending on the purpose of the experiment. (E) Tumor bioprinting models (1) a tumor model, which is a layer of tumor cells located between the layers of stromal cells (2) bioprinted spheroids consisting of tumor cells (3) bioprinted spheroids, which are a model of the tumor stroma, consisting of tumor cells mixed with stromal cells (4) a glioma model, consisting of conventional 3D-printed model of the brain with glioma cells and macrophages embedded in.




BOYDEN CHAMBER

The Boyden chamber is a chamber consisting of two compartments filled with medium and separated by a microporous membrane (Falasca et al., 2011). Boyden chamber is a convenient tool for the study of chemotaxis, assessing cell motility and invasion (Figure 1B). Thus, the Boyden chamber was used to assess cell motility in a study on the effect of free paclitaxel and paclitaxel-loaded pyromellitic nanorods on reducing the growth and invasiveness of melanoma cells (Clemente et al., 2019). Wessely et al. (2019) also tested the use of the Boyden chamber to evaluate and compare the invasive activity of spheroids containing only tumor cells and spheroids containing a mixture of tumor and stem cells. Another study examined the adhesion and cytoskeletal migration of HT1080 fibrosarcoma cells and LX2 line stellate cells in a three-dimensional system using fibronectin, Matrigel and type I collagen as chemoattractants (Tovari et al., 2014). However, despite the ease of use of the Boyden chamber, researchers are increasingly turning to more advanced systems that take into account a greater number of TME conditions, in particular, microfluidic systems.



THREE-DIMENSIONAL CULTURES

It is known that 2D cultures do not fully reflect the pathophysiology of tumor cells and the actual level of resistance to radiotherapy or chemotherapy in the tumor niche in the in vivo system (Chen et al., 2012; Table 1). Studies have shown that gene expression profiles as well as treatment responses in multicellular spheroid 3D models are more similar to the in vivo situation (Riedl et al., 2017). For example, liver tumor cells in 3D culture have high resistance to drug treatment, similar to the resistance of solid tumors in vivo (Uchida et al., 2010). Thus, the BT-549, BT-474, and T-47D breast cancer cell lines cultured as spheroids showed greater resistance to paclitaxel and doxorubicin compared to cells in a 2D culture (Imamura et al., 2015). Cells of squamous cell carcinoma originating from the head and neck (lines LK0902, LK0917, and LK1108) cultured as spheroids were shown to be less sensitivity to cisplatin when compared with 2D cultures. Also in cell lines LK0917 and LK1108, resistance to cetuximab was observed, mediated by culturing in the form of spheroids (Melissaridou et al., 2019). When culturing HCT-116, SW-620, and DLD-1 cells in the form of spheroids or in co-culture with fibroblasts and endothelial cells, their resistance to 5-fluorouracil, regorafenib, and erlotinib preparations increases (Zoetemelk et al., 2019).


TABLE 1. Comparative characteristics of cell culture test systems for anticancer drug screening.

[image: Table 1]It is known that the TME may significantly change the susceptibility of tumor cells to drugs. To solve this problem, new methods were developed for culturing cells using the ECM to model spatial organization, as well as adding various types of cells included in the TME to the culture (Kitaeva et al., 2019). 3D co-cultures of non-small cell lung cancer (NSCLC) and fibroblasts embedded in a Matrigel or encapsulated in alginate are used as models in drug discovery for analysis of immune cell infiltration (Osswald et al., 2019). Also, described is a high-potential tumor spheroid model drug screening, which consists of pancreatic ductal adenocarcinoma (PDAC) cell lines (Panc-1 and BxPC-3) and cancer-associated fibroblasts (CAFs) surrounding by oligomeric type I collagen (Oligomer) for creation of the interstitial ECM supports definition (Puls et al., 2018).

An alternative way to create a novel 3D tumor-tissue model is organoid manner. One of the first of developed spheroid method was a mammospheres, described Dontu et al. (2003). The novel in vitro system allowed the propagation of mammary stem and progenitor cells into functional ductal/acinar structures (Dontu et al., 2003). Organoids can be received by two main types of stem cells: pluripotent embryonic stem cells and their synthetic induced pluripotent stem cell counterparts and organ-restricted adult stem cells (Clevers, 2016). Also, organoids received by cultivation small tissue fragments and explants on matrixes or from cultured or sorted cells assembled to organoids in vitro (Hu et al., 2018). Organoids from primary lung cancer tissues demonstrated the high reproduction levels of histological and genetic characteristics of in situ tissue and their high ability for using them in patient-specific drug trials (Kim et al., 2019). Organoid manner was used for modeling PDAC from patient derived xenografts (PDX) tumors (Nelson et al., 2020) and organoids derived from patient prostate cancer bone metastasis (Lee et al., 2020). Organoids derived from patients with bladder cancer were tested with epirubicin, mitomycin C, gemcitabine, vincristine, doxorubicin, and cisplatin, this model was presented as a prospective model of human bladder cancer (Mullenders et al., 2019; Figure 1C).



MICROFLUIDIC SYSTEMS

Microfluidic systems are prospective models for reconstructing the migration, microenvironment, and microcirculation of cells in tumor tissue. Microfluidic systems are small devices that can reproduce a specific fluid flow, constant temperature, fresh medium, flow pressure and chemical gradients characteristic of in vivo systems (Ruzycka et al., 2019; Figure 1D).

The microfluidic system using collagen-matrigel hydrogel matrices made it possible to reproduce the microenvironment and experimental conditions for studying the migration and invasion of H1299 lung adenocarcinoma cells. At the same time, Matrigel in low concentrations facilitated the migration of H1299 cells, however, at a high concentration Matrigel slowed the migration of cells, possibly due to their excessive attachment. It has also been shown that the use of antibody-based integrin blockers significantly modulated the mechanisms of H1299 cell migration (Anguiano et al., 2017). A microfluidic system with an incessant supply of nutrient medium through a syringe pump has also been described. It is used to study the effect of the matrix metalloproteinase inhibitor (GM6001) on the formation of invadopodia in A549 lung cancer cells, which is characteristic of cells during invasion (Wang et al., 2013). Microfluidic systems also make it possible to obtain a metastatic model of a tumor, such as breast cancer, which allows the study of antitumor drugs effects on the inhibition of tumor cell migration (Mi et al., 2016). To simulate the extravasation process, a microfluidic system was constructed containing two microfluidic channels and a porous membrane sandwiched between them. The first channel represents the vascular equivalent and contains primary endothelial cells isolated from the pulmonary artery. The second channel acts as a reservoir for collecting migratory tumor cells. In this case, endothelial cells showed in vivo-like behavior under flow conditions. The introduced GFP-labeled tumor cells of epithelial or mesenchymal origin were detected using vital imaging, which showed tightly attached tumor cells to the endothelial membrane (Kuhlbach et al., 2018).



3D BIOPRINTING

One of the types of three-dimensional cultures is 3D bioprinting, which enables researchers to create various situations that mimic the processes that occur in the TME (Lee et al., 2016; Truong et al., 2018). 3D bioprinting technology enables the creation of standardized test-systems for screening anticancer drugs (Kingsley et al., 2019; Figure 1E). For example, a model of human hepatoma created using 3D bioprinting was more resistant to an anti-CD147 monoclonal antibody (Metuzumab) than a similar model created on a microfluidic system (Li et al., 2019).

An interesting approach is the combination of several types of cells, tumor and stromal, in a 3D bioprinting model. Breast cancer cells and fibroblasts cultured in 3D bioprinting spheroids as part of an alginate-gelatin hydrogel maintained viability for more than 30 days and were resistant to paclitaxel, which was not observed in 3D bioprinting monocultures of breast cancer cells (Jiang et al., 2018). The trophic role of stromal or immune cells has been shown in other studies. The presence of MSCs in 3D bioprinting hydrogel constructs supported breast cancer cell viability after exposure of doxorubicin (Wang et al., 2018). Application of 3D bioprinting technology also allows immune cell behavior studies in TME. In a 3D bioprinting model, glioblastoma cells were shown to actively recruit macrophages and polarize them in glioblastoma-associated macrophages (GAMs), which in turn contributed to the proliferation and invasiveness of glioblastoma cells (Heinrich et al., 2019). 3D-bioprinting models of breast and pancreatic cancer containing the stromal component (human umbilical vessel epithelial cells (HUVEC), fibroblasts, MSCs) and an ECM analog were described. The resulting 3D bioprinting models repeated the behavior of tumors in vivo and in situ (Langer et al., 2019).

The using of 3D bioprinting also enables designs that simulate tumor vascularization. 3D organotypic microfluidic platform, integrated with hydrogel biomaterials, were obtained in order to simulate the vascular niche of glioma stem cells (GSCs) obtained from patients (Truong et al., 2018). It has been shown that the microvascular network enhances invasion, supports the proliferation rate and the classic GSCs phenotype (Truong et al., 2018). A three-dimensional model of GSCs is described in the composition of a porous hydrogel containing gelatin, alginate and fibrinogen. GSCs actively proliferated, retained viability and biological properties (nestin expression, differentiation ability) in the resulting 3D bioprinting in vitro model, and also had resistance to the cytotoxic effect of temozolomide in contrast to 2D culture. An increase in vascular endothelial growth factor (VEGF) secretion in the first 3 weeks of cultivation was also noted, which indicates the induction of tumor angiogenesis mechanisms (Dai et al., 2016). 3D bioprinting capsules with programmable VEGF and EGF outputs also mimics tumor vascularization. The programmed release of growth factors facilitates control over cell migration and the process of angiogenesis, therefore it is possible to get a dynamic system for the study of metastatic processes (Meng et al., 2019).

Thus, the designs obtained using 3D bioprinting enable us to simulate various processes occurring in TME. Further studies in the field of 3D bioprinting, standardization and validation of the developed tumor models will allow the creation of high-efficiency 3D tumor models in order to obtain new fundamental knowledge about the mechanisms of carcinogenesis and also to more accurately screen potential anticancer drugs and aid individual selection of drugs (Knowlton et al., 2015).



CONCLUSION

In recent decades, preclinical trials of antitumor agents have undergone significant changes, in particular, much attention has been focused on the modernization of screening protocols for cell cultures. The widespread use of in vitro models in preclinical practice was facilitated by the development of the NCI60 panel. Even after more than 30 years, this model is still actively used for screening anticancer drugs as a reference in vitro testing method. However, as knowledge of intercellular interactions within the tumor deepened, as well as the low reliability of testing potential anticancer drugs on the NCI60 panel, in the field of preclinical screening, the need arose to develop more complex and high-tech models. Three-dimensional cultures, representing spheroids and spheroid-like formations grown under various cultivation conditions, partially satisfied this request. Three-dimensional cultures compensated for some of the shortcomings of two-dimensional cultures, in particular those associated with intercellular interactions and interactions with the extracellular scaffold. However, conventional three-dimensional cultures are not quite suitable for assessing the effect of anticancer drugs on important processes as migration, invasion and chemotaxis; such studies require the use of additional devices, for example, chips in microfluidic systems and the Boyden chamber. One of the trends of the last decade has been the use of 3D bioprinting, thanks to which, in theory, it is possible to print fabric with the desired architecture with a sufficiently high resolution. Although at the moment there is no universal protocol for printing this or a standard type of tumor tissue used with it, interest in this technology and the importance of its further development are not weakening. Researchers working in the developing new screening models field may liken the situation to the Greek mythology of Odysseus, finding themselves between Scylla and Charybdis – when the model must be complex enough to take into account most of the microenvironment factors, but at the same time be reproducible, with the ability to correctly interpret the screening results. Existing trends in science, particularly in the field of preclinical screening, are heading precisely toward complicating the models being developed, drawing an analogy, the course for Scylla, which turned out to be a competent choice for Odysseus.
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When assessing the risk and hazard of a non-pharmaceutical compound, the first step is determining acute toxicity, including toxicity following inhalation. Inhalation is a major exposure route for humans, and the respiratory epithelium is the first tissue that inhaled substances directly interact with. Acute inhalation toxicity testing for regulatory purposes is currently performed only in rats and/or mice according to OECD TG403, TG436, and TG433 test guidelines. Such tests are biased by the differences in the respiratory tract architecture and function across species, making it difficult to draw conclusions on the potential hazard of inhaled compounds in humans. Research efforts have been therefore focused on developing alternative, human-relevant models, with emphasis on the creation of advanced In vitro models. To date, there is no In vitro model that has been accepted by regulatory agencies as a stand-alone replacement for inhalation toxicity testing in animals. Here, we provide a brief introduction to current OECD test guidelines for acute inhalation toxicity, the interspecies differences affecting the predictive value of such tests, and the current regulatory efforts to advance alternative approaches to animal-based inhalation toxicity studies. We then list the steps that should allow overcoming the current challenges in validating In vitro alternatives for the successful replacement of animal-based inhalation toxicity studies. These steps are inclusive and descriptive, and should be detailed when adopting in house-produced 3D cell models for inhalation tests. Hence, we provide a checklist of key parameters that should be reported in any future scientific publications for reproducibility and transparency.

Keywords: toxicity testing alternatives, inhalation studies, In vitro alternatives, air-liquid interface (ALI) culture, lung epithelium


INTRODUCTION

Inhalation is a major exposure route for humans, where the respiratory tract serves as both target tissue and portal of entry (POE) to the systemic circulation for inhaled substances. REACH (Registration, Evaluation, Authorization, and Restriction of Chemicals) states that testing for acute inhalation toxicity is mandatory for all substances manufactured or imported at quantities above 10 tons per year when (i) human exposure is possible via this route or (ii) the physico-chemical properties of the substance indicate that such exposure may occur1. In this scenario, acute inhalation toxicity testing provides the data used for both hazard identification and risk assessment.


Current Regulatory Test Guidelines for Acute Inhalation Toxicity

According to the Organization for Economic Co-operation and Development (OECD), acute inhalation toxicity testing is performed to define the effects of inhaled substances on (i) the respiratory tract (local toxicity) and/or (ii) the whole body (systemic toxicity) (OECD, 2018a).

Acute inhalation toxicity studies are currently conducted in animals by using the OECD methods TG403, TG436, and TG433. According to these methods, healthy young adult rats are the preferred animal model, and justification should be provided if other species are used (OECD, 2009a). Animals are exposed to the test compound as a gas, vapor, aerosol, or a mixture thereof. Nose-only exposure is generally recommended (OECD, 2009a). In special cases, whole-body exposure can be used, but this should be justified in the study report. Principles, advantage and disadvantages of the nose-only and whole-body exposure techniques are described in OECD Guidance Document 39 (OECD, 2018a). For both techniques, a single exposure is applied to each animal, with each exposure lasting up to 6 h in rats but not exceeding 4 h in mice. Animal observation is conducted for at least 14 days after exposure.

The endpoint of OECD TG403 and TG436 is “death.” A full description of these test guidelines is available on the OECD website (OECD, 2009b,c) and in Arts et al. (2008). In order to reduce the number of animals used and to improve their welfare (3Rs principle), an alternative fixed concentration procedure (FCP) was proposed in 2004 (draft OECD TG4332), where the endpoint “death” was replaced with “evident toxicity.” A previous study had demonstrated, in fact, that the performance of the FCP method in estimating the toxic class of inhaled substances was comparable to that of TG403 and TG436 tests (Stallard et al., 2003). However, the FCP test was dropped from the OECD workplan in 2007, due to suspected gender influences in the data generated, and the “subjective nature” of the tested endpoint. Conversely, few years later, scientists demonstrated that gender differences did not have any significant impact on the performance of the FCP test (Stallard et al., 2011). In parallel, an international working group that included 19 organizations around the world, led by the UK NC3Rs, developed the criteria to make “evident toxicity” into an objective and transferable endpoint. The working group carried out a large-scale analysis of inhalation toxicity data from 188 substances, and developed guidelines to support the recognition and use of “evident toxicity.” Such guidelines are described in Sewell et al. (2015). The scientific evidence provided by these two studies, supported the approval of the FCP method as OECD method in 2017 (OECD TG433). It should be noted here that, validation of the FCP method was critical at regulatory level for addressing the need for an OECD-approved inhalation toxicity test method that would satisfy the guidelines of Directive 2010/63/EU (EU, 2010). The latter states, in vivo testing methods should avoid, as far as possible, death as an endpoint, due to the severe suffering caused on the animal during the period prior to death.



Interspecies Differences in the Respiratory Tract—How Does This Affect Acute Inhalation Toxicity Tests?

Species-specific differences can have important implications in acute inhalation toxicity testing, making it difficult to draw conclusions on the potential hazard of inhaled compounds in humans, for the reasons highlighted below.

When using animal models, two parameters are known to influence the local toxic effects of inhaled substances in the respiratory tract: (i) the pattern of deposition of the test substance, followed by (ii) the specific pathways by which the compound is cleared from the lungs. Animal models differ from humans in both aspects (Pauluhn, 2003). On one hand, the deposition of inhaled substances depends upon air-flow dynamics, which is different across species. Interspecies differences affecting air-flow dynamics include: the gross anatomy and geometry of airways in both the upper and lower respiratory tract (Parent, 2015), airway dimensions (e.g., length and diameter) (Hofmann et al., 1989), and respiratory physiology (e.g., breathing mode and ventilation rates). On the other hand, substance clearance is affected by tissue volumes, cell types and their location in the respiratory tract, mucus composition and distribution, macrophage-triggered clearance, biochemical mechanisms of airway activation, and enzyme-dependent metabolic processes. All the properties abovementioned are highly species dependent (Miller et al., 1993; Bogdanffy and Keller, 1999; Sarangapani et al., 2002).

In the following section, the specific differences between humans and the preferred animal model used in the three OECD accepted methods (rats) are briefly summarized.


Implications in the Use of Rodents in the OECD Tests

In the last two decades scientists have demonstrated that the relevance of using rats (the preferred animal model in OECD tests) for assessing hazard and risk of chemicals in humans, is scientifically debatable (Harkema, 1991; Mauderly, 1997; Phalen et al., 2008; Creton et al., 2010; Chamanza and Wright, 2015; Mowat et al., 2017). For example, recently, a review of 52 inhalation toxicity studies conducted in rodents, showed that the results obtained from such studies lack relevance to humans (Mowat et al., 2017),

Probably the most obvious and significant difference between humans and rodents is the anatomy of their lungs. Rat lungs have a monopodial branching system with no respiratory bronchioles; whereas, the human respiratory tract has a symmetric branching. This results in compound/particle deposition mainly at the bifurcation points of the human lungs, a phenomenon that cannot be mimicked in rodent models. Also, rat airway diameter is smaller than human one. Thus, insoluble solid aerosols can lead to an obstruction of the rat airways and, subsequently, to animal death, at the highest tested doses, even when the compound under investigation is non-toxic to humans (Hofmann et al., 2018).

Furthermore, the breathing mode of humans is different from rodents. Humans are oronasal breathers, while rodents are obligate nose breathers. This strongly influence how inhaled particle and gas deposit in the respiratory tract, and the subsequent toxicities detected. For example, there is less filtering of particles and gases in oral breathing compared to nasal breathing, resulting in a greater delivery of material to the peripheral airways of humans compared to rodents.

Differences in compound metabolism are also striking (Bogdanffy and Keller, 1999; Sarangapani et al., 2002; Oesch et al., 2019). Cytochrome P450 in the nasal mucosa and lower respiratory tract of humans is poorly efficient, as compared to that of most animal species, including mice and rats. Clearance via carboxylesterase activity is also particularly ineffective in humans as compared to rodents. On the other hand, phase II enzymes (e.g., epoxide hydrolase and glutathione S-transferase) are more active in humans than in rodents, enabling a clearance of inhaled compounds that cannot be replicated in the rat/mice models used in the OECD tests.

Finally, reflex reactions that are of a protective nature in rodents, can limit the animal exposure to the chemicals under investigation. Reflex reactions range from mechanisms where the animal use its own fur as a filter to aerosol exposure, causing dosimetry issues in whole-body exposure techniques (reviewed in Pauluhn, 2003), to the stimulation of the parasympathetic system, resulting in reactions that can be confused with early toxic effects, such as decrease in ventilation rate, heartbeat, blood pressure, and body temperature of the animal.

The OECD is aware of the interspecies differences listed above and their negative influence on the predictivity of the existing inhalation toxicity tests. Subsequently, a new test for determining acute inhalation toxicity has been recently brought forward for validation and OECD adoption (Jackson et al., 2018). Such test adopts the EpiAirway™ model, a ready-to-use, three-dimensional (3D) In vitro mucociliary tissue model consisting of normal, human-derived tracheal/bronchial epithelial cells cultured at the Air-Liquid Interface (ALI). The test under development could, therefore, provide a human-relevant In vitro alternative to current, animal-based acute inhalation toxicity studies.




In vitro Alternatives to Acute Inhalation Toxicity Studies in Animals

Considering the limitations of animal models in predicting the safety of inhaled substances in humans, research efforts have focused on developing human-relevant models, with particular emphasis on In vitro models, such as the EpiAirway™ model mentioned above. Our perspective focuses on the steps that should allow these models to increase the predictive value of acute inhalation toxicity testing, by overcoming some of the shortfalls of animal models. Indeed, inadequate physico-chemical characterization of the test compound and dosimetry can also lead to unpredictive results in inhalation toxicity tests. However, our manuscript does not address issues associated with exposure technology, test compound characterization and dosimetry, as these have already been identified and described in detail elsewhere (Dorato and Wolff, 1991; Oberdorster, 1996; Pauluhn, 2003, 2005; Wong, 2007; Phalen and Mendez, 2009; Clippinger et al., 2018b; Hofmann et al., 2018).

Human-relevant In vitro models allow reproducing distinctive properties and mechanisms of the human lung epithelium that define the clearance of inhaled compounds in humans. The properties/mechanisms reproduced include tissue volumes, cell and mucus composition, human-specific aspects of macrophage-triggered clearance, and unique human biochemical and enzyme-dependent processes. To date, the most advanced In vitro approaches for animal replacement detect local toxicity. Thus, this manuscript focuses solely on such endpoint.

Numerous reviews on In vitro inhalation toxicity testing models have been published in the last decade (Berube et al., 2009; Creton et al., 2010; Gordon et al., 2015; Clippinger et al., 2018b; Lacroix et al., 2018; Upadhyay and Palmberg, 2018). These models can be grouped in three main categories: (i) cell cultures, including commercially available, 3D In vitro lung models; (ii) lung-on-a-chip models, and (iii) ex vivo human precision-cut lung slices. Various case studies demonstrate that it is possible to reproduce specific regions of the human respiratory tract and their responses In vitro. For example, in 2018, the US Environmental Protection Agency (EPA) has publicly recognized the value of an alternative approach based on an In vitro model of the human lung epithelium (the MucilAir™ model), to refine inhalation risk assessment for the pesticide chlorothalonil, as well as for other contact irritants (EPA, 2018). However, currently there is no In vitro model that has been accepted by regulatory agencies as a stand-alone replacement for animal tests in acute inhalation toxicity studies, and the issues associated with interspecies differences remain unsolved.


Regulatory Efforts to Advance Alternative Approaches to Animal-Based Inhalation Toxicity Studies

In the last years, regulatory efforts have been focused on advancing the alternative approaches for replacing animal use in acute inhalation toxicity testing, as reported by Clippinger et al. (2018b) and Krewski et al. (2020). For example, an Interagency Coordinating Committee on the Validation of Alternative Methods (ICCVAM)3 has been formally established in US in 2000, with the aim of (i) evaluating existing in vivo, in silico, and In vitro tests for acute systemic toxicity, and (ii) developing a strategic roadmap4 where In vitro and in silico approaches enable the reduction, or the full replacement, of current in vivo tests. Similarly, the Office of Pesticide Programs (OPP) of EPA has committed to significantly reduce the number of animals used for acute inhalation toxicity testing in the agrochemical registration process (EPA, 2016)5. EPA has also announced that funding to studies in mammals will be ended by 2035.

In Europe, in 2016, the Netherlands National Committee for the protection of animals used for scientific purposes (NCad) announced that animal studies for safety research on chemical substances, food ingredients, pesticides, and medicines (including veterinary medicines) will be phased out in the Netherlands by 2025 (NCad, 2016). This ambitious objective is backed up also by the European Commission. In 2005, the European Partnership for Alternative Approaches to Animal Testing (EPAA) was established, with the aim to replace, reduce and refine (3Rs concept) animal use in regulatory testing. Furthermore, Directive 2010/63/EU (EU, 2010) explicitly incorporates the 3Rs concept in European legislation, and establishes the European Union Reference Laboratory—European Centre for the Validation of Alternative Methods (EURL—ECVAM) at the Joint Research Centre (JRC) as support to the development, validation, and acceptance of alternative methods. The European Commission is also currently funding several research projects in the alternatives field (e.g., EU-ToxRisk).

Globally, the International Cooperation on Alternative Test Methods (ICATM) was established. ICATM includes governmental organizations from Europe, US, Canada, Japan, South Korea, Brazil, and China.

Although all initiatives above create a momentum toward the replacement of animal testing, the translational rate of In vitro alternatives into regulator-approved methods is poor. Thus, one could question the predictive value of such alternatives. The reality is, validation of In vitro testing methods for animal replacement is currently a gray area (Griesinger et al., 2016). Regulatory authorities grant validation to In vitro alternative tests upon demonstration of their ability to predict in vivo animal-derived data, the quality and reliability of which is sometimes poor (Sauer et al., 2013). The scientific relevance of using animal data as benchmark for a human-relevant model is also debatable (Griesinger et al., 2016; Cryan et al., 2019), since the interspecies differences described in the previous sections negatively affect the animal-to-human data correlation. In Europe, the mandatory steps for validation are: (i) endorsement from the European validation authority, i.e., the EURL—ECVAM; (ii) formal test methods via large international collaboration platforms, such as the OECD or the International Council on Harmonization; (iii) regulatory acceptance; and (iv) deletion of the animal test. Thus, the current validation process is tremendously demanding, taking an average of 10 years and costing up to 1 million dollars (Hartung, 2013). This approach raises the bar to an unaffordable level for small technology providers and universities, creating a translational “valley of death.” Predictive, human-relevant In vitro platforms are published in peer-reviewed scientific journals, but do not go through the validation process.

In this context, the following section presents the authors' perspective on how, in our view, it may be possible to overcome the current challenges in validating In vitro alternatives for the successful replacement of animal-based inhalation toxicity testing studies.





DISCUSSION

Although in some cases In vitro alternative tests are at an advanced stage of development (e.g., the EpiAirway™ model mentioned above), to date all In vitro alternative models for inhalation toxicity studies still fall into the category of “non-guideline methods.” Four major actions should be undertaken, in our view, to increase the uptake of In vitro alternative methods and meet the replacement of animal models for the definition of local toxicity in acute inhalation testing.

Firstly, In vitro test methods should be presented in detail to allow interpretation and use of the data from regulators. According to regulatory agencies, non-guideline methods can be used to support risk/hazard assessment of inhaled substances only if they fulfill basic requirements, such as relevance, reproducibility and predictivity. The OECD has recently formulated a guidance document (GD211) on the information that should be provided for non-guideline methods. Further to this, an annotated toxicity test method template (ToxTemp), described in full by Krebs et al. (2019, 2020), was developed, to complement the OECD GD211 guidance document and support researchers in meeting its requirements. Furthermore, the test methods and conditions under which the data are generated, must adhere to the Good In vitro Method Practices (GIVIMP) for the development and implementation of In vitro methods for regulatory use in human safety assessment (OECD, 2018b). We believe that the mandatory adoption of the ToxTemp template and GIVIMP procedures by the scientific community, will facilitate implementation of In vitro alternative methods for inhalation toxicity testing.

Secondly, In vitro alternatives must be compatible with the evaluation of markers of membrane/cell damage and cell functional competence that are relevant to known adverse outcome pathways (AOPs). As recently reviewed by Clippinger et al. (2018a), AOPs can model the mechanisms leading to adverse local and systemic effects following compound inhalation. By using cellular- and tissue-specific Key Events (KE) reported in inhalation AOPs as experimental endpoints, the authors have successfully investigated the predictive value of reconstructed human lung tissue cultures in detecting POE inflammatory effects. The results of such investigation (the details of which are described in the Supplementary Material) are shown in Figure 1 and are original and unpublished data from the authors. Comparable experimental strategies have been successfully adopted by other research groups to validate the predictive value of In vitro alternative models (Iskandar et al., 2017; Balogh Sivars et al., 2018; Hoffmann et al., 2018; Barosova et al., 2020). In our experiments, SmallAir-HF™ and MucilAir-HF™, purchased from Epithelix Sárl, were used (Supplementary Figure S1). Experimental endpoints included changes in: (i) percentage cytotoxicity and release of cytokines (IL-6, IL-8)/chemokines (MCP-1/CCL2, CXCL1/Groα, CXCL2/Groβ), as markers of cellular-specific KEs; and (ii) trans-epithelial electrical resistance (TEER) as marker of a tissue-specific KE (the epithelial barrier integrity). Marker expression was evaluated after a single aerosol exposure to benchmark substances with known effects on the respiratory epithelium in humans. These included: (i) hypertonic saline solution, a biocompatible nebulization vehicle, as negative control; (ii) chemical lung irritants (hydrochloric acid, HCl, and ammonium hydroxide, NaOH); (iii) lipopolysaccharide (LPS) from E. Coli 055:B5, a biological contaminant to which the respiratory system is directly exposed, and that does not cause irritation unless the epithelial barrier function is impaired, such as, for example, in the presence of pre-existing medical conditions (e.g., asthma, cystic fibrosis); (iv) heptyl butyrate, which is known to be non-irritant if inhaled at doses lower than 200 mg/ml; and (v) 0.5% Triton-X or lysis buffer, which are cytotoxic compounds, as positive controls. After 72 h exposure (Figure 1A), benchmark compounds induced the predicted response. Saline did not induce any significant change in TEER and did not trigger cytotoxicity. Similar results were found after exposure to LPS and the non-irritant heptyl butyrate. Triton-X significantly disrupted the barrier integrity (TEER ~ 0) and caused severe cytotoxicity. Lung irritants (HCl and NaOH) caused barrier integrity disruption, cytotoxicity and/or release of inflammatory signals. The unaltered viability of untreated MucilAir-HF™ cultures after 60 days (Figure 1B), together with the evident time-dependent inflammatory responses detected for the benchmarks in the same time period, suggests that the here presented In vitro model could be used to carry out long-term experiments as an alternative method to acute inhalation toxicity studies in animals.


[image: Figure 1]
FIGURE 1. Changes in markers of cellular- and tissue-specific KEs following a single-dose aerosol (N) exposure to benchmark substances. Cell cultures were exposed to liquid aerosols by means of a Vitrocell Cloud ALI system equipped with an Aeroneb® Pro nebulizer. Cellular-specific KEs included percentage (%) cytotoxicity, cytokines (IL-6, IL-8) and chemokines (MCP-1/CCL2, CXCL1/Groα, CXCL2/Groβ) secretion. Tissue-specific KEs included epithelial barrier impairment, quantified as changes in TEER. Data are presented as mean and normalized to untreated cultures. (A) SmallAir-HF™ (left) and MucilAir-HF™ (right) models were exposed to benchmarks for 72 h. (B) MucilAir-HF™ models were exposed to benchmarks up to 60 days. (A,B) Symbols (*), (**), and (***) indicate p < 0.05, p < 0.01, and p < 0.001, respectively (two-way ANOVA followed by Dunnett post-test; comparison to the untreated controls).


Thirdly, In vitro acute inhalation toxicity testing should use exclusively cell cultures in ALI conditions, i.e., cultures where cells are grown in direct contact with air. ALI culturing conditions are in fact a critical element driving the In vitro formation of a pseudostratified epithelium that mimics the human lung epithelium functions in the best possible way (Gras et al., 2017; Hiemstra et al., 2018). Furthermore, ALI cultures should be exposed to the test compound in realistic exposure conditions by means of realistic exposure techniques (e.g., gas, vapor, aerosol). The influence of exposure methods on cell responses in ALI cultures has been described in the past by the authors (Di Cristo et al., 2018; Movia et al., 2018). This was also supported by further experiments we recently carried out on MucilAir-HF™ and SmallAir-HF™, showing that inoculation (I) or nebulization (N) of the same compound on the apical side of the two models triggered cellular responses that significantly differed (Figure 2). Finally, exposure should be clearly characterized, including among the parameters particle size distribution, nominal and actual/deposited concentrations, as described in the OECD guidelines for testing acute inhalation toxicity (OECD, 2009a).


[image: Figure 2]
FIGURE 2. Changes in markers of cellular- and tissue-specific KEs in SmallAir-HF™ (left) and MucilAir-HF™ (right) models following a single-dose exposure by aerosol (N) or by direct inoculation (I). Cellular-specific KE included percentage (%) cytotoxicity, cytokines (IL-6, IL-8) and chemokines (MCP-1/CCL2, CXCL1/Groα, CXCL2/Groβ) secretion. Tissue-specific KE included epithelial barrier impairment, quantified as changes in TEER. Data are presented as mean and normalized to untreated cultures. Symbols (*), (**), and (***) indicate p < 0.05, p < 0.01, and p < 0.001, respectively (two-way ANOVA followed by Dunnett post-test; comparison to the untreated controls).


Fourthly, the adoption of ready-to-use ALI models of the human respiratory epithelium, reconstituted from biopsies originated from human donors, should be preferred to in-house In vitro systems based on immortalized cell lines. Ready-to-use systems, which are available for purchase from commercial sources (e.g., EpiAirway™, MucilAir-HF™, SmallAir-HF™), offer in fact a standardized platform, thus facilitating method validation and promoting consistency across laboratories. Furthermore, selecting donors of different age and gender, ensures that hazard/risk assessment studies address the issues of population heterogeneity and gender dimension. However, the high cost of ready-to-use systems often hinders their use in research and university labs. Within the EC scenario of the H2020-funded BIORIMA and REFINE projects, which have enabled regulatory-science dialogue and experimental evidence discussion, we have highlighted that, when using in house-produced In vitro models for conducting inhalation toxicity studies, it is of critical importance to report the methodologies used for the formation, characterization, exposure, verification, validation and testing of the ALI cell model. On this matter, in Table 1, we propose a checklist describing key parameters that, in our opinion, should be included in future scientific publications when adopting in house-produced ALI cell models to test inhaled substances. This information should be also submitted as part of section 3 of the ToxTemp document, thus ensuring reproducibility, repeatability, and a transparent assessment of the predictive value of the In vitro method developed. This will ultimately allow a meaningful comparison between novel, animal-free, non-guideline methods and current OECD tests.


Table 1. Checklist describing key parameters that should be included in scientific publications, as well as in Section 3 of the ToxTemp document, when adopting in house-produced 3D cell models to test inhaled substances.

[image: Table 1]

In addressing the four points above, consideration should be also given to the respiratory tract region/s where the inhaled substance under test is more likely to deposit in humans, followed by development of an In vitro model that is representative of such region/s. In vitro models representative of different respiratory tract regions, in fact, respond differently to the same irritant insult. Our results demonstrate that the MucilAir-HF™ model was less prone than the SmallAir-HF™ culture to develop inflammatory responses following exposure to the chemical irritants HCl and NaOH (Figure 1A). Furthermore, to avoid any uncertainty introduced by the interspecies differences associated with the use of animal products, In vitro alternatives should be fully humanized. Thus, only human cells should be used, and fetal bovine serum (FBS) and animal-derived ECM proteins should be avoided, as clearly addressed in Jochems et al. (2002), Gstraunthaler (2003), Van Der Valk et al. (2004, 2018), OECD (2018b), and Oredsson et al. (2019). Cell-to-cell ratios of the human tissues, as well as the endogenous lung microbiome, should also be recapitulated.

As highlighted by the recommendations from the 2015 workshop entitled “Alternative Approaches for Identifying Acute Systemic Toxicity: Moving from Research to Regulatory Testing,” we share the view that there is still need to improve the In vitro models for completely replacing animal use in acute inhalation toxicity testing (Hamm et al., 2017). Based on our experience in the development of advanced ALI cultures (Movia et al., 2017, 2018, 2019; Di Cristo et al., 2018), we have identified two critical shortfalls in the ALI culture models currently commercially available or reported in the scientific literature. They do not incorporate either (i) the 3D tissue microenvironment, constituted by different cell types, in direct contact with each other, and the extracellular matrix (ECM); or (ii) the tissue biomechanical environment (namely, the epithelial stretching during breathing). These two parameters strongly influence local inhalation toxicity, which is mainly affected by the nature of the interactions between the inhaled substance itself and the surrounding biological environment. To overcome these shortfalls, we suggest that future research efforts would focus on developing advanced ALI cultures formed by mixed cell populations that exist on ECM-like, 3D synthetic hydrogels. Furthermore, In vitro ALI models should undergo cyclic mechanical strains, mimicking the forces exerted during breathing, as these have been demonstrated to correlate to the absorption of inhaled substances (Huh et al., 2010) and to the epithelium inflammatory responses (Rentzsch et al., 2017).

In conclusion, we strongly advocate for enforcing standardization within the development of In vitro models for inhalation toxicity testing, and the uptake of the checklist in Table 1 within the ToxTemp framework. This will enable reproducibility and repeatability in this field, ensuring a rapid uptake of alternative methods from the regulatory agencies. It will also ensure the production of valuable data for in silico PBPK modeling, further supporting animal replacement in acute inhalation toxicity testing.
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1REACH. Annex VIII: Standard Information Requirements for Substances Manufactured or Imported in Quantities of 10 Tonnes or More. Available online at: https://reachonline.eu/reach/en/annex-viii.html (accessed April 2020).

2Available online at: http://www.oecd.org/chemicalsafety/testing/32035886.pdf (last accessed April 2020).

3Available online at: https://ntp.niehs.nih.gov/whatwestudy/niceatm/iccvam/iccvam-agencies/index.html (accessed April 2020).

4Available online at: https://ntp.niehs.nih.gov/whatwestudy/niceatm/natl-strategy/index.html?utm_source=direct&utm_medium=prod&utm_campaign=ntpgolinks&utm_term=natl-strategy (accessed April 2020).

5Available online at: https://www.epa.gov/pesticide-registration/mixtures-equation-pilot-program-reduce-animal-testing (accessed April 2020).
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Co-culturing of cells in in vitro tissue models is widely used to study how they interact with each other. These models serve to represent a variety of processes in the human body such as development, homeostasis, regeneration, and disease. The success of a co-culture is dependent on a large number of factors which makes it a complex and ambiguous task. This review article addresses co-culturing challenges regarding the cell culture medium used in these models, in particular concerning medium composition, volume, and exchange. The effect of medium exchange on cells is often an overlooked topic but particularly important when cell communication via soluble factors and extracellular vesicles, the so-called cell secretome (CS) is being studied. Culture medium is regularly exchanged to supply new nutrients and to eliminate waste products produced by the cells. By removing medium, important CSs are also removed. After every medium change, the cells must thus restore their auto- and paracrine communication through these CSs. This review article will also discuss the possibility to integrate biosensors into co-cultures, in particular to provide real-time information regarding media composition. Overall, the manner in which culture medium is currently used will be re-evaluated. Provided examples will be on the subject of bone tissue engineering.
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INTRODUCTION: IN VITRO TISSUE MODELS

Before culturing of cells was possible, animals were used to study human physiology and pathophysiology, in particular in medical and pharmaceutical industries (Russell and Burch, 1959). Animal models frequently failed to capture important facets of human physiology and pathophysiology and thus failed to mimic true human responses (Holmes et al., 2009). The possibility to culture human cells increased our insight into healthy and diseased states of the human body (Thomson et al., 1998; Holloway et al., 2019). First, cells were cultured in monolayers which in some cases lacked the complexity needed to study diseases and responses to drugs thoroughly (Esch et al., 2014; Fu et al., 2017; Zhang et al., 2019). Three-dimensional (3D) models enabled the creation of a cell environment closer to the natural microenvironment, increasing the potential to predict physiological responses and also increasing complexity. For example, different 3D in vitro models to study osteocytes were established recently, mimicking their native environment and showing superior morphology and behavior compared to monolayer cultures, enabling future development of human disease models (Zhang et al., 2019).

The approach for the design of in vitro tissue models originates from tissue engineering (TE; Langer and Vacanti, 1993; Caddeo et al., 2017). TE combines cells, scaffolds, growth factors and mechanical stimuli to create tissues in vitro. Traditionally, TE has focused on the creation of tissue grafts for implantation. More recently, TE has been applied to develop in vitro tissue models. In contrast to tissue grafts that need clinically relevant sizes of engineered tissue, in vitro models aim to resemble the smallest functional unit of a tissue. Such in vitro models show potential to study processes of the human body such as development (Robin et al., 2016), homeostasis (Rossi et al., 2018), regeneration (Guzmán et al., 2014), and disease (Salamanna et al., 2016).

The development of 3D human in vitro models depends on the ability to partially recreate the complexity of the native microenvironment that defines cues (physical, chemical, and biological) for cell function, proliferation, and differentiation (Holmes et al., 2009). The challenge is to define the aspects of the microenvironment which are important in order to engineer the smallest functional unit that captures the interaction between key cues in the cell system which it controls (Holmes et al., 2009). Research has shifted toward improving in vitro models by increasing their complexity in order to understand how mature intricate tissues form (Holloway et al., 2019). An increase in complexity can be accomplished by culturing different cell types together in one culture, called co-culturing.



CO-CULTURES WITH THE APPLICATION FOR IN VITRO TISSUE MODELS

Co-culturing of cells is widely used to study interactions between cell populations in many fields including (but not limited to) synthetic biology (Goers et al., 2014), ecology (Jessup et al., 2004), TE both 2D and 3D (Liu et al., 2015; Paschos et al., 2015), and multi-organ microphysiological systems (Wang et al., 2017). Models have been developed for a variety of tissues such as lung (Strikoudis et al., 2019), intestine (Jalili-Firoozinezhad et al., 2019), kidney (Takasato and Little, 2017), bone (Rossi et al., 2018), embryo (Saadeldin et al., 2014), ovary (Saadeldin et al., 2015), neuron-glia (Skaper and Facci, 2018), and liver (Coll et al., 2018). Co-cultures can be used to represent both physiological and pathological tissue states. Ideally, human, or even patient-specific cells are used to create cellular environments that are more representative for humans rather than animal derived cells (Caddeo et al., 2017). Most co-culture studies involve two cell types, owing to an increased complexity in establishing a stable system when more cell types are involved (Goers et al., 2014). There are also studies reporting the use of three (Venter and Niesler, 2018; Churm et al., 2019; Lin et al., 2019) or even four cell types (Zhang et al., 2009; DesRochers et al., 2015).

Different strategies to co-culture cells in 3D exist, each allowing for a different degree of contact between the cell types. Through this contact, the cells are able to stimulate each other. Direct co-cultures facilitate physical contact between the different cell types which allows for communication though their surface receptors and gap junctions, defined as juxtacrine communication (Figure 1A). Indirect co-cultures incorporate a physical separation between cell types, such as a semi-permeable membrane in the form of a transwell system, only enabling signaling via the cell secretome (CS; Figures 1B-I). In addition, in indirect co-cultures, conditioned medium is frequently used (Figures 1B-II). Medium is first used for culturing one cell type and then transferred to the second cell type. The medium contains the CS of the first cell type, which then affects the second cell type. Conditioned medium contains numerous CSs that may positively and/or negatively regulate cell behavior (Katagiri et al., 2017). The mechanisms that support the effect of these CSs remain insufficiently defined and are highly dependent on the cell source (Marolt Presen et al., 2019).
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FIGURE 1. (A) Direct co-cultures facilitate physical contact between the different cell types which allows for communication though their surface receptors. (B) Indirect co-cultures incorporate a physical separation between cell types only allowing for communication via cell secretomes. (I) Physical separation in the form of a transwell system using a semi-permeable membrane. (II) Conditioned medium is first collected from one cell type and then transferred to the other cell type. The medium contains the cell secretome of the first cell type, which then affects the second cell type.


Cell secretomes ensure cell-cell communication and comprise of soluble factors and cell-derived membranous structures. These so-called extracellular vesicles (EVs), are nanosized particles (exosomes, 30–100 nm; microvesicles, 50–2000 nm; Martins et al., 2016) that transfer proteins, bioactive lipids between cells. Moreover, EVs are also capable of transferring RNA between cells, called exosomal RNA or esRNA (Lotvall and Valadi, 2007; Valadi et al., 2007). EVs are present in biological fluids and are involved in multiple physiological and pathological processes (van Niel et al., 2018). For example, EVs derived from osteogenically committed mesenchymal stromal cells were shown to induce osteogenic commitment of homotypic cells without further supplementation (Martins et al., 2016). EVs are widely studied for their potential as a cell-free therapeutic method for regeneration of numerous tissue types. Subsequently, EVs might be used to study cellular interactions in vitro omitting the requirement for a co-culture experiment and thus overcoming co-culture challenges. The biggest challenge of using EVs lies within the development of purification and characterization protocols (Lee et al., 2019).

Overall, co-cultures are versatile models to create cellular environments in which interactions between different cell types can be studied in vitro. These interactions can take place by direct contact and by exchange of soluble factors and EVs. This review article will focus on steps that can guide optimization of medium composition and volume in co-cultures with a particular focus on cell communication via the CS.



GENERAL CONSIDERATIONS REGARDING CULTURE MEDIUM IN CO-CULTURES


Selecting Culture Medium Composition

In cell culturing, culture medium is added to nourish the cells. Culture medium is a liquid nutritive substance consisting of a mixture of base medium, serum, and regulating factors. Firstly, base medium fills the nutritional requirements of the cells. The first base medium was developed in 1959 and was defined as the Minimal Essential Medium (MEM), including 13 amino acids, 8 vitamins, 6 ionic species, and glucose (Eagle, 1959). Secondly, serum, such as fetal bovine serum (FBS) contains important basic proteins including growth factors and hormones for maintaining cell survival, growth, and proliferation (Gstraunthaler, 2003). FBS is a complex and natural mixture that is extracted from fetal blood. The use of FBS is controversial due to quality and reproducibility issues as well as animal welfare concerns which is elaborately reviewed elsewhere (van der Valk et al., 2018). Thirdly, regulating factors such as growth factors are added to the medium to guide specific and desired cell behavior such as proliferation and differentiation into a particular cell lineage. These factors are key in cell cultures as they predominantly determine cell fate. Establishing a functional and precise mixture of these culture medium ingredients is of great importance for creating in vitro tissue models.

Each cell type has specific needs according to its function and requires a corresponding specific medium composition. When two or more different cell types are cultured together, choosing the right medium becomes a challenge (Goers et al., 2014). Several approaches are possible, such as mixed medium, supplemented medium and partitioned culture environments (Figure 2A). In a mixed medium, the medium of all used cell types is combined, possibly in different ratios. With this method, the original medium supplements might interfere with the other cell type, which is particularly important when culturing progenitor cells as these cells yet have to differentiate into the desired cell type. For instance, in a co-culture of precursors of osteoblasts and osteoclasts, the osteogenic supplements dexamethasone and β-glycerophosphate are needed for osteoblast differentiation and maturation, while these supplements have been shown to inhibit monocyte differentiation into osteoclasts (Haynesworth et al., 1996; Takeyama et al., 2001; Langenbach and Handschel, 2013). An optimum dosage of supplements has to be found in order to obtain both functional osteoblast and functional osteoclasts. Another approach could be to use a general base medium, supplemented with the soluble factors that stimulate both cell types without negatively affecting either of them (Zhu et al., 2018). This method makes it possible to modulate the medium more specifically than by just mixing two media types. The disadvantage is that it is time consuming to find suitable supplements and to optimize the combination. Additionally, a culture method that enables two physically partitioned medium flows can be used. In this way, both cell types receive their specific medium while cell-cell contact is still possible (Robertson et al., 2014). However, this is a complicated and precise method that can mostly be performed in 2D and for certain cell types.

In multi-organ microphysiological systems, the challenge of finding the right medium is even more difficult as a variety of cell types may each have their own optimal medium and supplements. For example, in a device combining liver, lung, kidney, and adipose tissue, it was shown that addition of transforming growth factor β1 (TGF-β1) supported the growth of lung cells but inhibited the growth of liver cells (Zhang et al., 2009). They overcame this by using gelatin microspheres that released TGF-β1 locally to support the lung compartment while in the circulation, low TGF-β1 levels could be maintained (Zhang et al., 2009).

Just as important, one cell type in a co-culture naturally provides CSs that influence the other cell type. As a result, medium supplements might have to be altered in concentration or might be fully omitted (Zhu et al., 2018). For example, osteoclasts in mono-culture are derived from mononuclear cells by addition of macrophage colony-stimulating factor and receptor activator of nuclear factor kappa-B ligand. Both molecules are naturally produced by osteoblasts (Boyce and Xing, 2007). Thus, in a co-culture with osteoblasts, no additional cytokines may be needed for osteoclast formation (Schulze et al., 2018; Zhu et al., 2018).

Medium optimization is crucial but is laborious and time-consuming because of the enormous number of possible combinations. Parallel assays using micro/nano-scale devices hold great promise for evaluation and optimization of a multitude of options (Sasaki et al., 2016). For example, a sensitive platform for optimum culture media investigation was developed in which image-based profiling was combined with microdevices to achieve high-throughput evaluation of culture medium conditions (Sasaki et al., 2016). Advances in this field could be of great value to ease the inconvenience of medium optimization.



The Effect of Culture Medium Volume

Medium volume is of importance as a higher volume leads to lower concentrations of the CS (Figure 2B). In bone cell cultures, osteoblastic mineral deposition and fusion of osteoclast-precursors into osteoclasts were shown to be dependent on the medium volume (Yoshimura et al., 2017). When culturing cells, often the medium volume suggested by the manufacturer of culture plastics is used. However, this volume is not optimized for specific cell types. For example, low culture medium volumes not only have been shown to be beneficial for culturing cell types such as neuron-like cells (Shimomura et al., 2016) and adipose derived mesenchymal stem cells (Simão et al., 2019), they are also more economical. On the other hand, some culturing conditions, for example in bioreactors, might require minimal volumes to operate, which makes volume optimization impracticable. In these cases, it should be recognized that the medium volume may impact a variety of cell culture aspects (Yoshimura et al., 2017).

Medium volume is influenced by cell culture aspects such as nutrient supply, dilution, or concentration of waste products and metabolites, and changes in oxygen level (Zhu et al., 2018). Studies have demonstrated that the oxygen concentration in medium decreases with increasing medium depth, leading to altered cell growth characteristics (Oze et al., 2012; Place et al., 2017). Moreover, it has been recognized that cell proliferation and differentiation are largely influenced by the concentration of CSs (Yoshimura et al., 2017). With different medium volumes these CSs become either more or less concentrated resulting in faster or slower proliferation and differentiation of these cells. Thus, cells might function differently when cultured in different medium volumes. Again, optimization is key but laborious and, in some cases, even impracticable. Therefore, one should be aware of the effects of medium volume. Certainly, when unexplainable results are encountered and when protocols are adjusted to up- or down-scale experiments.




THE EFFECT OF MEDIUM EXCHANGE ON CELL-CELL INTERACTIONS


Waste Accumulation Problem

Medium is exchanged regularly to maintain nutrients and growth factors consumed by the cells and to eliminate waste products produced by the cells. Mammalian cells use glucose for energy and produce lactate as a metabolite (Ozturk et al., 1997). In vitro, every cell type needs a narrow pH range within 0.2 to 0.4 pH units of its optimum to grow (Paul, 1975). The production of lactic acid should not exceed the buffering capacity of the medium, because lowering the pH can inhibit cell growth (Zielke et al., 1980; Glacken et al., 1986; Ozturk et al., 1992, 1997). Also, high ammonium concentrations as a by-product of glutamine catabolism can be toxic to cells causing cytosol vacuolization and subsequent cell death (Glacken et al., 1986; Slivac et al., 2010). Exchanging the medium prevents these waste product accumulation effects.

However, after every medium exchange, also the CS is removed, and the cells must make a new effort to restore their communication by producing fresh molecules. This effort could negatively influence their behavior, not representing their natural state. The influence of medium exchange was for example investigated by measuring actin microfilament structure directly before and after medium exchange (Krüger-Genge et al., 2015). Medium exchange led to a rapid disturbance of stress fiber formation and disconnection of cell-cell contacts. Frequent medium exchange is also economically disadvantageous as medium can contain expensive additives such as growth factors and animal serum (Glacken et al., 1986). However, medium exchange cannot be prevented as nutrient deprivation and waste accumulation would lead to inevitable cell death.



Systems for Culture Medium Re-use

Driven by economical motives, re-use of medium was first described in 1977 by adding fresh nutrient supplements to used medium (Mizrahi and Avihoo, 1977). However, due to the accumulation of waste products, the medium could only be re-used once. A second re-use caused cell death. To overcome this issue, other cell culture systems were developed in which medium was dialyzed to remove waste products. In addition, dialysis could be used to harvest cell products such as antibodies (Adamson et al., 1983). The principle of dialysis relies on the exclusion of molecules based on their size (Figure 2C). Fresh medium contains low molecular weight (MW) molecules such as nutrients, amino acids, and vitamins. Depending on the chosen MW cut-off, the dialysis membrane allows for exchange of those molecules. In this way waste products can diffuse out of the culture medium while nutrients and vitamins diffuse back in. High MW components such as growth factors are retained in the medium compartment.
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FIGURE 2. (A) Several approaches for co-culture medium optimization have been tested, such as mixed medium, supplemented medium, and fluidically partitioned culture environments. (B) The culture medium volume has an influence on the concentration of the cell secretome. (C) The principle of dialysis of culture medium relies on the size of the components in the medium. Depending on the chosen MW cut-off, the dialysis membrane allows for exchange of low MW proteins, amino acids, vitamins, lactate, and ammonium while high MW components such as growth factors, are retained in cell culture insert.


The first dialysis system cultures were rather complex and large. For example, a bioreactor was developed using a 5 liter medium vessel coupled to a 2 liter perfusion system (Büntemeyer et al., 1992). Several fluid streams were connected to control waste removal, medium recycling, and nutrient supply. For the elimination of toxic waste products, a hollow fiber microfiltration system was used while nutrients were supplied by adding concentrated solutions. Most previous studies focused on mass production, generally using large scale reactors (Chen et al., 2011; Nath et al., 2017). Recently, a simpler dialysis culture system was presented that does not require the use of pumps and vessels (Shinohara et al., 2019). A deep well culture plate including an insert with a dialysis membrane was used (Figure 2C). Successful and continuous glucose supply and lactate removal through the dialysis membrane were shown. The retaining of cytokines and autocrine factor enabled to promote endodermal differentiation of induced pluripotent stem cells (iPSCs) without daily cytokine addition. This dialysis system for re-using culture medium still is not frequently applied and mainly used for proliferation and differentiation processes of (costly) iPSCs studies (Côme et al., 2008; Nath et al., 2017; Shinohara et al., 2019). Use of these dialysis systems in other cell culturing fields requires optimization. For example, the size of medium components should be known and taken into account as high MW proteins, which are also found in FBS, will not be able to cross the dialysis membrane. In our opinion, medium dialysis could not only reduce culture costs, it could also contribute to a more physiological environment for cell proliferation and differentiation. This would especially be true for co-cultures where the interaction between different cell types is investigated, by retaining the communication factors produced by the cells.




IMPLEMENTATION OF BIOSENSORS

Combining biology and technology advances cell culturing at a rapid pace. Addition of biosensors to cell cultures is one of these beneficial combinations. Biosensors show potential for monitoring of the microenvironments in in vitro systems and aim at providing real-time information regarding cell viability, growth and metabolism (Pereira Rodrigues et al., 2008; Modarres et al., 2018; Young et al., 2019). For example, on-line measurement of dissolved oxygen was applied for medium optimization of mammalian cell cultures (Deshpande et al., 2004). An oxygen sensor immobilized at the bottom of each well in a 96 wells plate was successfully used to optimize the concentration of glucose, glutamine and inorganic salts. This method was highly cost effective and time efficient, automatically analyzing many samples in one go in small medium volumes.

In order to maintain cell viability, experimental validity and reproducibility, it is essential that metabolite levels are maintained within physiological limits (Place et al., 2017). For example, fluctuations in oxygen and glucose concentration can affect cell growth, differentiation and signaling (Place et al., 2017). Multiplexed sensing, recording, and processing of real-time data could provide novel insights into the optimal nutrients and culture conditions needed to grow cells (Young et al., 2019). Furthermore, real-time data analytics can be used to respond to changes in culture conditions in a closed feedback loop, adjusting inputs to obtain desired results (Young et al., 2019). Sensors could provide help in determining the status of the cell culture. For example, medium composition can be tracked for the CS as a stem cell differentiates to determine how differentiation is progressing. Accordingly, growth factors can be removed or added to encourage further differentiation (Young et al., 2019).

It needs to be mentioned that while the technology is available, not many user-friendly and affordable techniques have been implemented into in vitro tissue cultures. Particularly techniques developed for continuous detection of biomolecules at low physiological concentrations require thorough understanding of electrochemistry, electrical engineering, and/or optics. Implementation will require a closer collaboration between researchers of different fields, willing to combine each other’s expertise, requirements, and possibilities.



CONCLUSION

Investigating cell-cell interactions through CSs requires complex tissue cultures where different cell types are being co-cultured. Co-culturing asks for a highly specific environment meeting the requirements of all involved cell types and therefore requires a great deal of optimizing. Advances in this field bring us closer to in vitro models that can be used to study physiological and pathological cell-cell interactions and will allow for the development of drugs that interact with cells. We highly recommend to reconsider today’s method of complete medium exchange to provide a more physiological environment to the cells. Combining current in vitro culturing techniques with existing technological inventions such as dialysis and biosensors could lead toward the goal of developing more complex, reproducible, nature-like in vitro tissue models.
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Background: A wide range of human in vitro methods have been developed and there is considerable interest in the potential of these studies to address questions related to clinical (human) use of drugs, and the pathobiology of tumours. This requires agreement on how to assess the strength of evidence available (i.e., quality and quantity) and the human-relevance of such studies. The SAToRI-BTR (Systematic Approach To Review of in vitro methods in Brain Tumour Research) project seeks to identify relevant appraisal criteria to aid planning and/or evaluation of brain tumour studies using in vitro methods.

Objectives: To identify criteria for evaluation of quality and human relevance of in vitro brain tumour studies; to assess the general acceptability of such criteria to senior scientists working within the field.

Methods: Stage one involved identification of potential criteria for evaluation of in vitro studies through: (1) an international survey of brain tumour researchers; (2) interviews with scientists, clinicians, regulators, and journal editors; (3) analysis of relevant reports, documents, and published studies. Through content analysis of findings, an initial list of criteria for quality appraisal of in vitro studies of brain tumours was developed. Stage two involved review of the criteria by an expert panel (Delphi process).

Results: Results of stage one indicated that methods for and quality of review of in vitro studies are highly variable, and that improved reporting standards are needed. 129 preliminary criteria were identified; duplicate and highly context-specific items were removed, resulting in 48 criteria for review by the expert (Delphi) panel. 37 criteria reached agreement, resulting in a provisional checklist for appraisal of in vitro studies in brain tumour research.

Conclusion: Through a systematic process of collating assessment criteria and subjecting these to expert review, SAToRI-BTR has resulted in preliminary guidance for appraisal of in vitro brain tumour studies. Further development of this guidance, including investigating strategies for adaptation and dissemination across different sub-fields of brain tumour research, as well as the wider in vitro field, is planned.

Keywords: in vitro, quality appraisal, evaluation, critical appraisal, brain tumour, cancer, systematic review


INTRODUCTION

There is currently a drive to review the use of animals in research for both scientific and ethical reasons. A wide range of in vitro methods have been developed and, increasingly, there are suggestions that these can replace the use of animals in research (NC3Rs, 2020). In order for in vitro studies to be considered for replacement of in vivo (animal) studies to answer questions related to the clinical (human) use of drugs and pathobiology of tumours, there must be agreement on the strength of evidence available (i.e., the quality and quantity of studies) as well as their relevance. Judging the strength of evidence requires that all relevant research is located, each research study is assessed for quality and, if appropriate, the results of the individual research studies are combined to give an overall ‘answer’ and/or a clear picture of the current research on the topic in question. This process can also reveal poor research practises, unreliable reporting of research and unnecessary replication and duplication (Hartung et al., 2019). Any such practises, if left undetected, would render efforts to replace animal research less likely to gain acceptance.

Methods for assessing clinical (human) studies are well-developed, led by organisations such as the international Cochrane collaboration (Higgins and Green, 2011). ‘Systematic reviews’ of the evidence are regularly published (over 140,000 systematic reviews are listed on PubMed as of March 2020). Well-conducted systematic reviews of clinical studies are widely used as the basis for clinical decisions.

A parallel development has taken place for animal studies. CAMARADES (Collaborative Approach to Meta-Analysis and Review of Animal Data from Experimental Studies) is an initiative to improve the design, conduct, analysis and reporting of animal experiments (CAMARADES, 2020). By means of ‘precise and robust’ overviews of existing data through systematic review and meta-analysis, CAMARADES aims to clearly demonstrate where further experiments are necessary, avoiding unnecessary replication. The CAMARADES initiative has generated interest and collaborative efforts on a global scale with five national coordinating centres. This is seen as crucial in efforts to reduce animal experimentation.

Reduction strategies, however, constitute only one of the Three Rs (Refinement, Reduction, and Replacement) – the underlying principles of ethical and humane use of animals in research (NC3Rs, 2020). The third principle, replacement, as described above, requires that a desired scientific goal is achieved by approaches other than those involving live animals, such as through use of in vitro studies. As with the CAMARADES initiative ‘precise and robust’ overviews of existing research are essential to provide a clear picture of the research (Nuffield Council on BioEthics, 2005). However, as Hartung et al. observe, ‘[while] [m]any areas have developed reporting standards and checklists to support the adequate reporting of scientific efforts… in vitro research still has no generally accepted criteria… [and] such a culture may undermine trust in the reproducibility of animal-free methods’ (Hartung et al., 2019). Thus, there is a need to evaluate and develop current practises for assessing quantity and quality of in vitro studies of brain tumours and their potential to replace in vivo (animal) studies.

As Hartung et al. (2019) indicate, issues in reporting are not restricted to specific areas of interest (such as brain tumours) but encompass the broad field of in vitro research. Searches on a major scientific database (PubMed) reveal that while reviews have been published and described as systematic reviews of in vitro studies, many fail to apply key principles and processes expected of such studies. For example, one publication reported the databases searched and inclusion criteria, but not whether any quality criteria were applied (Laaksonen et al., 2010). A second ‘systematic review’ assessed each study based on two criteria defined by the authors (type of publication and whether there was a ‘comparable baseline’), and reported the lack of generally accepted evaluation criteria for in vitro studies (Xiao et al., 2011). A third review revised an existing tool for assessing diagnostic studies using four selected criteria (Deng et al., 2016). Few details are reported on exactly how these criteria were applied. Another study attempted to provide an overview of guidance systems with evaluation criteria for in vitro studies on chemical toxicity (Lynch et al., 2016). The criteria compared were from four sources [Animal Research: Reporting of in vivo Experiments (ARRIVE) (Kilkenny et al., 2010), Klimisch et al. (1997) on evaluating the quality of toxicological data; OECD Guidance Document on the Validation and International Acceptance of New or Updated Test Methods for Hazard Assessment (OECD, 2005); Toxicological Data Reliability Assessment Tool (ToxRTool) (Schneider et al., 2009)]. The criteria include reporting requirements, categories to be scored and items to be assessed. Few criteria were common to all 4 sources. Furthermore, while criteria for assessment of the quality of studies is crucial for unbiased, reliable reviews of the research literature, assessment of relevance of the technique or method employed is also a key element.

Both development of reporting standards for in vitro research (Hartung et al., 2019) as well as adoption of existing guidance (Pamies et al., 2017; Hartung et al., 2019) remain issues across the broad field of in vitro research. This study specifically focuses on brain tumour research, with the intention of providing a model for other areas. We have selected brain tumour as a particular area for study because although many brain tumours can be cultured in the laboratory with relative ease, there are specific challenges in gaining accurate biological information from cells which have been removed from such a complex multicellular organ as the brain. Not only are brain tumour cells reliant on the non-neoplastic cells such as glial and immune cells for their resistance to therapeutics, but they are also reliant on the very special vasculature of the brain and indeed the blood brain barrier which protects against toxins but inhibits delivery of therapeutics. Provision of sophisticated, complex 3D models of the brain and its vasculature, including organoids, induced pluripotent stem cells and blood brain barrier elements for pre-clinical drug delivery and sensitivity are perhaps the most complex forms of all human tissue in vitro systems and, if we can produce best practise criteria for this area we can roll this out for many other areas of research.

The overall aim of the SAToRI-BTR project is to explore how in vitro studies could be presented as a body of knowledge in the form of a rigorous and comprehensive systematic review, to assess the potential for replacement of animal studies for answering specific questions in brain tumour research. SAToRI-BTR seeks to address these challenges by assessing reviews of existing studies (published systematic reviews) and identifying areas for potential improvement and investigating current practise and views on how in vitro studies of brain tumours should be assessed, leading to agreed criteria.

The aim of the study reported in this paper was to explore potential methods for the systematic identification, and assessment of quality and appropriate use of in vitro studies through a process involving identification of existing criteria which were subject to expert review in order to develop draft criteria.



MATERIALS AND METHODS

The project to develop a set of appropriate criteria for assessment of quality and human relevance in in vitro studies of brain tumours was carried out in two stages. The first stage involved identification for potentially relevant criteria through collection and analysis of appropriate data (stage one), and the second stage focused on obtaining agreement on identified criteria by an expert panel by means of a Delphi process (stage two – see Figure 1).
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FIGURE 1. Flow diagram of stages and procedures in identification and evaluation of criteria for assessment of quality and/or human relevance in in vitro studies of brain tumours.


The overall process followed that developed by the EQUATOR (Enhancing the QUAlity and Transparency Of health Research) Network which was used for development and agreement on reporting guidelines for systematic reviews (PRISMA: Preferred Reporting Items for Systematic Reviews and Meta-Analyses) (Moher et al., 2009). This required documenting the need for a set of guidelines by reviewing previously published systematic reviews and the methods and reporting of these, reviewing existing literature to identify potential criteria. It also draws on the methods used to establish CONSORT (Consolidated Standards of Reporting Trials) (Moher, 1998) and the Cochrane collaboration’s tool for assessing risk of bias in trials (Higgins et al., 2011).

Therefore, at stage two, these criteria were put to a panel (Delphi) of senior researchers, who were asked to rate their appropriateness for assessing quality and human relevance in in vitro studies of brain tumours. Criteria reaching agreement form the basis of the checklist reported in this study.


Summary of the Overall Approach

• Pre-stage (documenting the need for a set of criteria/guidelines)

∘ Search for and review of previously published systematic reviews in the field of in vitro cancer research.

∘ Examination of all papers described as systematic reviews of in vitro cancer studies to assess the quality/relevance assessment tools that had been used.

• Stage one (identifying potential criteria)

∘ Survey of senior brain tumour researchers to obtain a list of all in vitro techniques that are used in brain tumour research, suggested criteria, areas of agreement, relevant guidance, or quality-related initiatives.

∘ Interviews with a pre-defined sample of leading and emerging researchers, journal editors, senior clinicians, funding body, and regulatory committee representatives to elicit views on how quality and relevance should be assessed.

∘ Examination of peer review guidelines from major journals in the field for potential quality criteria for in vitro studies.

∘ Identification and analysis of all documents presenting potential quality criteria.

∘ Collation of the findings of the documentary analysis, and the survey and interview data.

∘ Development of a draft set of criteria for assessing in vitro studies based on the findings of the above.

• Stage two (gaining agreement on criteria for the guidelines)

∘ Establishment of a panel of experts in the field of brain tumour in vitro research.

∘ Use of the Delphi method to obtain agreement on key criteria to be used for assessing in vitro studies.



Pre-stage

Searches were carried out using five databases for systematic reviews of in vitro cancer studies. All reviews that were described as a ‘systematic review’ and which focused solely on in vitro studies in any form of cancer were selected and the full-text checked for relevance. Those that met the inclusion criteria were selected and the data extracted on aspects including the focus and methods used. The full details of this review are to be published as a separate paper.



Stage One


Quality Criteria in Previously Published Systematic Reviews

All relevant systematic reviews identified in the pre-stage review were selected and the full-text checked for mention of, or reference to, quality criteria, a checklist for quality, or guidance used to judge quality and/or human relevance of included studies.



Survey of Brain Tumour Researchers

An online survey was conducted to investigate current areas of research interest/focus related to in vitro research; in vitro models and study methods used within these areas; methods for assessing quality and relevance in these areas and knowledge of any published guidelines, checklists or quality initiatives.

Questions were developed by the authors with a draft version piloted followed by further revisions before the survey was finalised. The survey was completed online, using the University of Portsmouth’s online survey platform provider (Online Surveys.ac.uk) and was completed anonymously. A copy of the full set of questions in the questionnaire is available from the authors on request.

Potential participants were identified from conference abstracts for oral and poster presentations from international conferences and scientific meetings. See Table 1 for a list of sources used to identify potential participants. Once identified, further information was sought on participants from publicly available sources such as departmental, ResearchGate, and Google Scholar web pages. Those meeting inclusion criteria and for whom contact details could be found were approached for participation. Inclusion criteria were:


TABLE 1. Identification of potential participants by source.

[image: Table 1]
• Scientist working on studies of brain tumours using in vitro methods.

• Evidence of further publication history within brain tumour field using in vitro methods beyond conference abstract through which initially identified.

Potential participants were approached through published email addresses obtained from conference abstracts, departmental or professional web pages, or other publications. Design of invitations was informed by Fan and Yan’s (2010) recommendations drawn from a systematic review of factors affecting response rates in web surveys. Email invitations used a personalised salutation, identified survey tasks and salience, described how recipients were identified as potential participants, provided estimation of the time to finish the survey and gave contact details for further questions and assistance (Fan and Yan, 2010).

While no specific methodological guidance was available for conducting surveys of pre-clinical scientists, this target population was hypothesised to share many of the characteristics likely to affect participation which have been identified in previous studies with senior managers in other kinds of organisation. These include increased sensitivity to personalised responses, declining time capacity for participation due to increasing pressures from their core roles (Cycyota and Harrison, 2006), and an increasingly saturated information environment (e.g., email and social media) in which there are high levels of competition for feedback (and thus participant time). The potential vulnerability of the survey to low response in spite of efforts to implement best practise guidance formed part of the rationale for using multiple sources of data (i.e., survey, interviews, and documentary analysis) to inform the Delphi process, in order to make the project overall more resilient to the limitations of any single data collection stream.



Interviews With Key Individuals From the in vitro Field

Semi-structured interviews used widely to explore in-depth contextual factors affecting practise change (e.g., regulatory, funding, and variations in clinical or scientific practise) (Carlsen et al., 2007; Gardner and Webster, 2016; Colquhoun et al., 2017). A purposive sampling frame was constructed to reflect the different roles relevant to in vitro research. These included scientists, clinicians, regulators, and journal editors involved with studies using in vitro methods (including those working in fields other than brain tumour research, e.g., other neurological disease, other forms of cancer). Participants were identified through publications, professional and regulatory activities, and via the project team. An interview guide was developed and piloted with focus on the potential helpfulness and scope of set criteria, likely extent of agreement on assessment of in vitro research and the specific challenges in getting guidelines widely accepted.

The interviews aimed to explore:

• Professional opinion and practise in evaluation of quality and human relevance of in vitro models for brain tumour research, and identify points of agreement and disagreement.

• Current practises, opinions, and resources for identifying in vitro studies for review in brain tumour research.

• Factors that may promote or inhibit introduction of new practises for assessment of quality and human relevance in brain tumour research.

Interviews were carried out by phone after confirming consent with the participant. All interviews were guided by a set of core questions developed through pilot interviews, with follow up questions and exploration taking place where appropriate (and depending on the expertise and interest of respective participants). The semi-structured nature of interviews therefore meant that there was some variation in the length of interviews, number of questions asked, and in development of the interview schedule as the study progressed. Interviews were recorded and transcribed for directed content analysis in Nvivo (v12) Computer-assisted Qualitative Data Analysis Software (CAQDAS) (QSR International, 2018). Nvivo allows users to attach labels (or ‘codes’) to text, audio, video or image data, and facilitates data management through which directed content analysis can be conducted by a competent user. This involved reading across interview transcripts to identify responses relevant to the above aims (Corbin and Strauss, 2014).



Exploration of Author and Peer-Reviewer Guidance Provided by Journals

A set of relevant journals was identified using the following techniques:

• The 50 journals appearing most frequently in the results of searching the Medline database using the index term “In vitro Techniques+”.

• The 50 journals appearing most frequently using the search “In vitro Techniques+” AND “Neoplasms+” (both as index terms).

• The top 20 ranked journals from both the ‘Oncology’ and ‘Cancer Research’ categories of the Scimago Scientific Journal Rankings.

Resulting journals were combined into a single list, which after duplicate removal resulted in a set of unique journals for assessment of author and peer-review guidance. Assessment was conducted through manual exploration of journal websites, to identify publicly available information on author and peer-review guidance pertaining to quality assessment of in vitro methods.



Identification of Relevant Documents

Relevant documents including guidelines on the conduct and reporting of in vitro research, published standards were identified through the following methods:

• Previous review of published systematic reviews.

• 101 journal websites searched for general guidance on in vitro-relevant study reporting, and quality appraisal for specific techniques.

• Feedback from survey and interview responses.

• Searches of reporting guidance databases [e.g., US National Institutes of Health (NIH), EQUATOR Network FAIRSharing.org (2020)], the PubMed database and a commercial social networking site for scientists and researchers (ResearchGate).

All documents were loaded into NVivo software for directed content analysis.



Analysis


Survey

Descriptive statistical analysis was performed on quantitative data, and responses to free-text questions were analysed using a content analysis approach, where data area grouped into categories (e.g., cell line authentication and replication) for reporting (Krippendorff, 2018). For this aspect of the SAToRI-BTR project, data on quality and relevance criteria that are used in practise (e.g., when peer reviewing) and any quality initiatives or guidelines were extracted.



Interviews

Full interview transcripts were uploaded to Nvivo and directed content analysis of data was performed using Nvivo. Through this process, any data on quality and relevance criteria used in practise, and any quality initiatives or guidelines were identified and collated in order to inform stage two.



Documents

Directed content analysis was also performed on documents using Nvivo software.



Collation and Compilation of List of Proposed Criteria

A full list of all criteria was generated and a comparison of the criteria from documentary analysis compared with those from the survey and interviews. Any additional criteria generated from the latter were added to the list. The initial list was then further reviewed for duplicate criteria (i.e., those assessing the same or similar aspects but which were phrased in different terms which could be merged), ensuring that those criteria highlighted in several sources were retained and those that related only to a specialised technique were removed. The outcome of stage one was identification of a range of criteria for assessment of quality and/or human relevance in in vitro studies of brain tumours, which were organised in a taxonomy by area of focus.



Stage Two

Having identified potential assessment criteria for in vitro studies of brain tumours at stage one through international survey, telephone interview, and documentary analysis, stage two involved evaluation of appropriateness of these criteria for assessment of brain tumour studies by a panel of senior scientists. The expert agreement panel (or ‘Delphi’) process has been used extensively in clinical and health services research to develop reporting guidance and quality assessment criteria for a range of scientific and clinical applications (Fitch et al., 2001; Boulkedid et al., 2011). Delphi allows participants to rate criteria anonymously (i.e., without knowledge of the composition of the panel, or identities of members), and to provide written feedback on them. The process occurs across multiple rounds, between which comments from all participants are also circulated so each participant is aware of the range of opinions and the reasons underlying these. Criteria reaching agreement are removed, additional criteria may be added, or existing criteria amended if they have not reached agreement (e.g., in response to suggestions from the panel). The process is anonymous and usually three rounds of the survey are sufficient to achieve reasonable agreement (Fitch et al., 2001; Hsu Chia and Brian, 2007; Boulkedid et al., 2011).

Delphi has been used both as a standalone technique to reach agreement on reporting and assessment criteria, and also as a sorting procedure to identify criteria of ongoing controversy requiring further discussion by a subsequent panel of experts (Boulkedid et al., 2011). As the aim of SAToRI-BTR is to identify agreed criteria, this method was assessed as appropriate for either outcome in terms of wider development of the project in the future.


Identification and Approach of Participants

Professors, heads of laboratories, and principal investigators who had been previously identified at either the survey or interview stages were invited to participate via personalised email and physical letter as described at the survey stage. Following indications of willingness to participate, participants were sent a link to complete the online consent form, after which they were invited to participate in the first round of the Delphi panel.



Development of Initial Criteria

Criteria identified at stage one were evaluated by expert members of the SAToRI-BTR Team and results grouped into categories for assessment by the panel.



Rating and Progression Between Rounds

Participants rated criteria on an 9-point scale: 1 (not at all relevant) to 9 (essential) to assessment of a brain tumour study’. They were invited to leave qualitative comments (e.g., on context of application, clarity of criterion etc.) (Boulkedid et al., 2011) and to suggest additional criteria for each category (see Figure 2).
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FIGURE 2. Example of Delphi rating scale and written feedback facility.


Criteria were judged to have reached agreement according to the RAND/UCLA agreement criteria (Fitch et al., 2001, p. 58). Criteria reaching agreement were removed between rounds, additional criteria added (if suggested by participants), and existing criteria not reaching agreement changed in line with participant feedback or (in its absence) passed to the next round unchanged.

The final outcome of stage two was a set of criteria around which agreement was obtained on their importance for the assessment of quality and relevance.



Ethical Approval

Ethical approval for the survey, interviews, and Delphi processes was granted by the University of Portsmouth Faculty of Science Ethics Committee, reference number SFEC 2018-073 (original application plus amendments).



RESULTS


Pre-stage (Review of Published Systematic Reviews of in vitro Studies)

The review of published systematic reviews of in vitro studies indicated that few were available. Not all those described as systematic applied systematic approaches to the literature. Analysis of the methods used in the reviews confirmed that there was not a widely used set of criteria for assessing quality and/or relevance of in vitro studies. Those that did conduct a systematic appraisal of the included studies, adapted a wide range of existing appraisal checklists. A lack of agreed criteria specific to in vitro studies was highlighted.



Stage One


Survey of in vitro Brain Tumour Researchers

A total of 436 researchers were contacted and invited to complete the online questionnaire (see Figure 3). Of those invited, 7.8% (34 participants) completed the survey. Sixteen were from the United States, 12 from Europe, five from the United Kingdom and one from South America. A total of 10 different countries were represented. 30 (88%) participants identified as either ‘Professor/Department Head’ or ‘Research Team Lead.’ Mean years’ experience in brain tumour research 17.6 (SD = 10.1, range = 3–40). 28 participants (85%) also use in vivo techniques. The participants recommended a range of potential quality criteria.
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FIGURE 3. Flow diagram of recruitment and results for international survey of brain tumour researchers.




Interviews

Thirty-four potential participants approached via email and letter, of which 13 participants completed the interview (see Figure 4). The participants included/represented: professors/head of laboratories, consultant clinicians, industry, those leading quality and human relevance initiatives, regulators and journal editors. Telephone interviews totaled 414 min, with an average length of 34.46 min (range = 17–58 min, SD = 12.92 min).
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FIGURE 4. Flow diagram of recruitment and results for semi-structured interviews with stakeholders in in vitro studies of brain tumours.


Responses indicated:

• Methods for reviews of in vitro studies are highly variable;

• Quality of reviews of in vitro studies varies;

• Need for improved reporting standards.

Participants described a number of relevant quality assurance documents and reporting standards. Views were also expressed on the involvement of clinicians and regulators in development and barriers to adoption of any suggested guidelines or quality initiatives. More detailed results are to be reported in subsequent published works.



Exploration of Author and Peer-Reviewer Guidance Provided by Journals

Of the 101 unique journal titles identified, 6 journals had been discontinued or renamed, 2 were book series and 1 journal was inaccessible. Identifying and including the replacement titles for the renamed journals resulted in a total of 96 journals currently in print and accessible which could be assessed. Fifty-eight (60%) journals did provide some guidance specific to or relevant to in vitro techniques. Thirty-eight (40%) did not appear to provide any guidance accessible on the website that was specific to in vitro research. Established guidelines were reported by 25 journals (26%). These guidelines included those on specific techniques which could be, but are not exclusively, applied in in vitro research, such as MIAME (Minimum Information About a Microarray Experiment) and STRENDA (Standards for Reporting Enzymology Data). Generic guidelines were also cited such as the National Institute for Health (NIH) Principles and Guidelines for Reporting Preclinical Research. Cell line authentication was referred to by 22 journals and related guidance that was cited included the UKCCCR Guidelines for the Use of Cell Lines in Cancer Research. A full list of the guidance that was located through review of the journal websites is included in Table 2.


TABLE 2. Quality assessment documents identified for analysis including sources.
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For all journals still in publication and with an impact factor for 2018 (n = 95), the median impact factor (IF) was 4.9 (range = 0.6–223.7, IQR = 5.6). Of these: for journals citing established criteria (n = 25) the median was 5.2 (range = 1.9–59.1, IQR = 3.5); for journals giving general guidance (n = 48) the median was 4.9 (range = 1.9–41.1, IQR = 3.5); while for journals giving no specific guidance (n = 37) the median was 4.5 (range = 0.6–223.7, IQR = 6.7).

The analysis of author and peer-review guidance provided further evidence to support the observation of a lack of common, comprehensive, quality assessment criteria for in vitro studies, by showing significant variation in the quantity and types of guidance provided by journals.



Documentary Analysis

A total of 32 documents were identified from the above sources (see Table 2). Criteria identified from analysis of these documents are reported below as part of the summary of all criteria identified from stage one (see Figure 5).
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FIGURE 5. Flow diagram describing sources of identification of reporting guidance documents, and initial criteria for reporting of in vitro studies of brain tumours resulting from documentary analysis.




Stage Two


Compilation of Preliminary Criteria

Following completion of the survey, interview, and documentary analysis stages, potential criteria were collated using Nvivo software, through which a long list of 129 preliminary items were identified (see Figure 6). Duplicate and highly context specific items were removed. Forty-one criteria were selected for assessment by expert panel (Delphi) (see Table 3).
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FIGURE 6. Flow diagram describing Delphi process and outcomes.



TABLE 3. Summary of Delphi process (italics: no agreement).
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Expert Panel

Of the 38 professors, heads of laboratories, and principal investigators invited to participate by personalised email and letter, 22 agreed to participate initially. 19 participants completed round one and 18 completed round two (see Figure 6). For a comparison of those participating in the expert panel compared with those taking part in the survey and interviews, see Table 4.


TABLE 4. Comparison of participants in survey, interviews and Delphi.
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Delphi Assessment

Of the initial 41 criteria, agreement was achieved in round one on 28 with no agreement on 13. Seven further criteria were suggested.

For round two, based on feedback from participants, four of the 13 criteria were merged with existing criteria, nine were re-presented to Delphi group (with or without rephrasing) and the seven new criteria identified by participants were also presented to the panel. Thus, a total of 16 criteria were assessed in round two and a total of 48 criteria across the two rounds.

In round two agreement was achieved on nine (including three new criteria). No agreement was apparent on seven criteria (including four new criteria). Although the level of agreement across the two rounds of Delphi completed was high, for the remaining seven criteria, the level of agreement, even when criteria were rephrased reduced and the feedback from participants indicated that achieving agreement on these was unlikely to be feasible.

The large amount of qualitative data to analyse (comments, explanations etc.) collected should further inform the application of the criteria in practise. Further specification of criteria needs discussion and, thus, it was decided that the next stage would require an in-person meeting and discussion. A summary of the process is shown in Table 4, and in Figure 6.



DISCUSSION

This study represents a first attempt to use a systematic approach to generating a set of criteria for assessing the quality and relevance of in vitro brain tumour research studies. In designing the process, the aim was to combine a systematic analysis of existing guidance and practise with the implicit views of those with expertise in in vitro brain tumour research. By attempting to engage those involved in research in this field at an early stage and throughout the process, it was anticipated that the uptake of any resulting guidance would be optimised. It was also anticipated that focusing the study in a specific area (brain tumour research) would also increase the relevance and hence engagement with the process.

There have been a number of initiatives aimed at improving and standardising the quality and reporting of in vitro research, some of which are ongoing (Eskes et al., 2017; Pamies et al., 2017; OECD, 2018; Hartung et al., 2019). Full and transparent reporting is of importance as it enables the evaluation and reproduction by other researchers and thus optimises the resources that have been expended. While various initiatives have been undertaken, adoption by researchers working in the field has been low (Pamies et al., 2017). The participants taking part in the survey and interviews conducted in this study were aware of some of these initiatives but there was not universal or consistent reference to any particular set of guidance.

The intention of screening a large number of abstracts from a series of relevant recent conferences was to ensure that a large number of researchers were involved in the survey (and thus the guideline production process). Over 2,500 abstracts were screened resulting in over 400 individual senior researchers being identified but the response rate was extremely low. There may be several explanations for this: lack of perceived relevance or concern about the ultimate aim of any guidance may have discouraged participation. Other practical problems such as contact emails being filtered out by organisational email servers may also have had an impact. Additionally, the field of brain tumour research has, historically, been poorly funded (House of Commons Petitions Committee [HCPC], 2016) so that researchers are likely to be focused on core issues including grant income and job security and we anticipated that they may be less inclined to become involved in research that appears more peripheral to these aspects. Because of this, we chose a study design (as summarised in Figure 1) which drew on multiple data collection streams to inform the criteria for Delphi assessment (survey, interview, and documentary analysis). This was to ensure that the study design was resistant to risks associated with low response rates to survey or interviews. Nevertheless, more than 30 heads of laboratories/professors from 10 different countries did participate and, overall 40 in vitro brain tumour experts from 13 countries contributed to at least one stage of the process. This is a significant number in a relatively small field and these people represent experienced, senior authorities within the field. Furthermore, there was consistency in the criteria suggested in the survey, interview, and documents.

There was also consistency and a high level of agreement on the importance of each of the criteria proposed. The final outcome of the process reported in this paper is a set of 37 criteria which reached agreement as essential to consider when assessing the quality and/or human relevance of an in vitro study. The focus was on in vitro research in the brain tumour field but the majority of the criteria generated are generic and could be applied to other in vitro research areas, particularly those in the field of cancer.

The data collected included individual comments and feedback on each of the criteria and revealed areas where there are differences in opinions and practise which would benefit from further investigation. It will be necessary to further specify how each of the ‘criteria’ could best be applied in practise as, in some cases, this is implicit and/or context-specific rather than explicit and/or universal. Thus, criteria refer to specific aspects of an in vitro study that should be assessed and not whether simply reporting this would constitute good practise or whether it is also necessary that the study meets a particular standard related to this aspect. For example, there was agreement on the importance of assessing ‘cellular heterogeneity’ but no specific standard of reporting or conduct is currently attached to this. The data collected will inform the next stage of the process which is to develop more detailed guidance on the application of the criteria in practise. This may require an in person meeting as is generally required for finalising guidance such as this (EQUATOR Network, 2020). Ultimately, the set of guidance generated could be disseminated and used by journals, grant awarding bodies, and peer reviewers. As has been proposed, producing and disseminating a set of agreed criteria for the assessment of in vitro studies will further support ‘Meaningful contributions to the body of science’ as they can evaluated and reproduced by other researchers in the field and are more accessible to those in related fields previously (Hartung et al., 2019).



CONCLUSION

The SAToRI-BTR project drew on a range of well-established methods for identification and appraisal of current practise standards. Through a rigorous, systematic process of expert review, the project has resulted in a set of preliminary criteria for use in assessment of quality and human relevance of in vitro brain tumour studies. Further development of these criteria, including potential strategies for adaptation and dissemination across different sub-fields of brain tumour research, will follow. While the focus of the study remains in the brain tumour field, the initial criteria identified and the methods through which they were developed remain applicable to a broader range of fields relating to in vitro research. It is therefore hoped that this investigation will prove useful empirically and methodologically, both within and beyond the specific focus of brain tumour studies.
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Extravasation is a multi-step process implicated in many physiological and pathological events. This process is essential to get leukocytes to the site of injury or infection but is also one of the main steps in the metastatic cascade in which cancer cells leave the primary tumor and migrate to target sites through the vascular route. In this perspective, extravasation is a double-edged sword. This systematic review analyzes microfluidic 3D models that have been designed to investigate the extravasation of cancer and immune cells. The purpose of this systematic review is to provide an exhaustive summary of the advanced microfluidic 3D models that have been designed to study the extravasation of cancer and immune cells, offering a perspective on the current state-of-the-art. To this end, we set the literature search cross-examining PUBMED and EMBASE databases up to January 2020 and further included non-indexed references reported in relevant reviews. The inclusion criteria were defined in agreement between all the investigators, aimed at identifying studies which investigate the extravasation process of cancer cells and/or leukocytes in microfluidic platforms. Twenty seven studies among 174 examined each step of the extravasation process exploiting 3D microfluidic devices and hence were included in our review. The analysis of the results obtained with the use of microfluidic models allowed highlighting shared features and differences in the extravasation of immune and cancer cells, in view of the setup of a common framework, that could be beneficial for the development of therapeutic approaches fostering or hindering the extravasation process.

Keywords: extravasation, microfluidic, cancer cells, immune cells, in vitro models


INTRODUCTION

Extravasation is the process in which cells that are flowing into a vascular vessel interact with the endothelium lumen, adhere to it, and then cross the endothelial barrier to reach a target site, guided by various types of stimulation. This process represents a key step in several pathologic conditions, for this reason many researchers are focusing on trying to understand and control this phenomenon.

Leukocytes typically extravasate in inflammatory conditions and although the inflammatory response is fundamental to fight infection and in wound healing, the persistency of an active immune response is involved in several pathologies and chronic inflammatory disorders (Schnoor et al., 2015). Extravasation is also crucial during the metastatic cascade, whereby circulating cancer cells deriving from the primary tumor cross the endothelial barrier of specific organs to reach the targeted metastatic site (Reymond et al., 2013).

Extravasation consists in a series of sequential steps that are basically the same for each extravasating cell, and we refer the reader to specific reviews for the exhaustive description of activated pathways during leukocyte (Vestweber, 2015) and cancer cell (Reymond et al., 2013) extravasation. On a more general point of view, extravasation starts with the formation of adhesive interactions between circulating cells and endothelial cells which cover the lumen of the vessels. The process continues with tethering, rolling, and slow-rolling, followed by firm adhesion, crawling, and formation of the transmigratory cup on the endothelial surface. The next step consists in the transendothelial migration that can take place either in a paracellular (crossing the cell endothelial junctions) or in a transcellular (crossing endothelial cells) way. The paracellular way is largely studied due to the relation with the endothelial junction control that seems to be a promising therapeutic target. After passing the endothelial barrier, the extravasating cells must cross the pericyte layer and invade the basement membrane to reach the inflamed tissue or the target secondary organ. Even if the extravasation steps are essentially the same, according to the type of extravasating cells, there are differences in cell responsiveness to specific chemoattractants and diverse activation and/or expression of adhesion molecules mediating cell interactions with the endothelium (Schnoor et al., 2015).

Leukocyte extravasation is usually induced by tissue damage or by infection, which activate the defensive mechanisms of the body. The process starts with the release of proinflammatory cytokines in the damaged tissue, causing endothelial activation (Vestweber, 2012). This activation triggers a cascade of events that enables circulating leukocytes to recognize the vascular endothelium of the inflamed tissue and interact with the endothelial cells. Endothelial selectins (E-selectin, P-selectin) are expressed by the inflamed endothelium and capture leukocytes from the blood flow. Then, chemokines and other chemoattractants produced by endothelial cells and inflammatory cells increase the expression in leukocytes of integrins that bond specific endothelial adhesion molecules (e.g., intracellular adhesion molecule-1, ICAM-1, or vascular adhesion molecules 1, VCAM-1). This bond is essential and leads to leukocyte transendothelial migration (Vestweber, 2015).

Targeting leukocyte extravasation can be a promising approach either for the enhancement of immune defenses or for the suppression of inflammation-induced tissue destruction. For example, anti-adhesion therapies, contrasting self-destructive inflammation, are promising therapeutic options for multiple sclerosis (Vestweber, 2015). On the other hand, studies focusing on the extravasation of cancer cells are always aimed at contrasting this process. Indeed, extravasation is a crucial step of metastasis formation, which leads to 90% of cancer related deaths (Reymond et al., 2013). Cancer cells that intravasate into the blood stream must survive to the aggression of immune cells and to the presence of elevated shear stress, only then they can eventually adhere to the blood vessel wall. Cancer cell extravasation preferentially takes place in small capillaries of the same diameter of the cells, suggesting that the process starts with a physical restriction where the formation of a stable adhesion occurs. The adhesion of cancer cells to the endothelium also requires the expression of ligands and related receptors on both cancer and endothelial cells, including integrins, selectins, cadherins, and immunoglobulin superfamily receptors. It is known that diverse tumors metastasize preferentially in specific tissues/organs, following metastatic patterns that can be related to the particular type of vasculature of the secondary site and to chemokine receptors and complementary chemokines expressed between target endothelium and cancer cells (Nguyen et al., 2009). There are specific chemokines frequently involved in cancer cells extravasation, such as CXC-chemokine ligand 12 (CXCL12), which are secreted by stromal cells placed in distant organs that stimulate cancer cells extravasation and migration to these secondary sites. The paracellular transendothelial migration of cancer cells is usually related to the disruption of endothelial junctions and it is the event that is principally observed in vitro. Although there is a small amount of evidence that the cancer transendothelial migration could also be transcellular, this behavior could be related to the characteristic of the vascular bed or the cancer type. This aspect has not yet been fully clarified (Reymond et al., 2013).

The extravasation process has been studied both in in vivo and in vitro models. Several types of animal models have been used, such as zebrafishes, rats, and mice and, less frequently, dogs for the study of cancer cell and leukocyte extravasation (Simmons et al., 2015; Brown et al., 2017; Gomez-Cuadrado et al., 2017; Marcovecchio et al., 2017). Among all these options, laboratory mice represent the most commonly used animal model, due to their superior physiological and genetic similarities with humans as compared to zebrafishes, but also by their ease of maintenance, breeding and short gestation time as compared to dogs. Moreover, the ability to genetically manipulate mice both by transgenic expression and knockout of specific genes makes mice more versatile for studying human cancer metastasis (Saxena and Christofori, 2013), but also for identifying the role of specific factors in leukocyte trafficking (Power, 2003). Cancer cell extravasation models can be based on the injection of human metastatic cancer cells into immune-compromised animals (xenograft) or on the creation of genetically engineered animals, reproducing the stages of tumor progression (Saxena and Christofori, 2013). In the first case, the use of immunocompromised mice, which is required for experiments using human cancer cells, hinders the possibility to study interactions between cancer and immune cells, that play a critical role in metastasis (Ma et al., 2018). On the other hand, the use of genetically modified mice allows the preservation of the immune system, although these models are not available for all tumor types (Kovar et al., 2016). In both cases, animal immune system, endothelium, and specific tissue-secreted molecules are different from the human ones, possibly altering the observed mechanisms underlying cell behavior (Willyard, 2018). Furthermore, although in vivo models allow mimicking the complexity of cell extravasation in a physiological context, they do not permit to investigate how the different elements impact on the phenomenon.

Besides animal models, the study of cancer cell behavior has long been based on standard 2D and 3D in vitro cell culture models. The use of these models has allowed investigating many cancer-related events, although standard cell culture models present some critical issues. The principal limitation of 2D models is the lack of the 3D structure of human tissues, which can lead to an abnormal cell behavior. On the other hand, even if classical 3D in vitro models have succeeded in mimicking the cancer architecture, they are barely able to reproduce physiological features such as vascularization and blood flow, the presence of biochemical gradients, and the heterogeneity of cell populations that characterize cancer microenvironment (Sleeboom et al., 2018). More specifically, among in vitro systems, transwell inserts have been largely used to model the extravasation process. However, although these models allow studying cell adhesion to the endothelium and cell migration through it, they cannot reproduce the extravasation process in dynamic conditions and are not suitable to investigate tissue invasion. Furthermore, extravasation in transwell assays occurs through 2D circular pores measuring from 3 to 12 μm in diameter, which do not match the endothelial junction architecture, and the extravasation can be strongly influenced by gravity force (Kim et al., 2016). Toward a better modeling of the in vivo environment some hybrid models have been developed, such as transwell-microfluidic systems that allow including and controlling both luminal and transmural flow (Sleeboom et al., 2018).

Engineered microfluidic devices are promising in vitro tools that can overcome the above-mentioned limitations of in vitro models in the study of extravasation. The use of microfluidic devices spread out in the last decades thanks to the development of soft lithography. This technological advancement upgraded rapid prototyping allowing the researchers to increase the sophistication and complexity of microfluidic systems (Streets and Huang, 2013). The possibility to easily design and fabricate microfluidic devices also contributed to their versatility, enabling the addition of different features according to the specific microenvironment and phenomenon they are aimed to mimic. Microfluidic devices are all basically constituted by chambers and micro-scale fluidic circuits with a dimension around tens to hundreds of micrometers. The microscale dimension represents an important advantage in biological research, allowing more precise and quantitative measurements, dramatically reducing the number of cells and reagents needed, and hence decreasing also the cost of each experiment (Streets and Huang, 2013). These devices permit to include diverse cellular populations in a 3D microenvironment, allowing to mimic complex physiological microenvironments (Ma et al., 2018). It is also possible to precisely control biophysical and biochemical conditions, and directly visualize in real-time the investigated events. Another key aspect is the possibility to develop systems entirely composed by human cells embedded in 3D extracellular matrices to recapitulate the in vivo behavior of cells (Coughlin and Kamm, 2020). In particular, microfluidic models allow including all the main elements involved in the process of extravasation (e.g., geometry of the blood vessel, presence of a 3D environment, etc.) within a cell culture device, thus reproducing the architecture of the in vivo milieu. These models can be further implemented to become even more sophisticated by incorporating non-cellular components of the tissue stroma or including multiple types of tissue-specific cells (Coughlin and Kamm, 2020).

Up to now, microfluidic models have been exploited to dissect specific effects of biophysical, biochemical and cellular elements on leukocyte or cancer cell extravasation. In the present systematic review, we will discuss the findings achieved through the use of microfluidic systems, highlighting specific model features which enabled to achieve the reported results.



METHODS


Search Strategy

The literature search was aimed to identify all the studies describing microfluidic models designed to investigate cancer cell and/or leukocyte extravasation. The literature search was carried out consulting PUBMED and EMBASE databases. We also checked the reference lists of relevant reviews to include other studies that had not been identified during the search process. The full search strategy is reported in Appendix S1.



Study Selection

Inclusion criteria were defined to select the studies. Specifically, we included studies describing the use of a microfluidic model and investigating the process of cancer cell and/or leukocyte extravasation. Two investigators (CM and MC) independently reviewed the literature and classified the references based on the title and abstract. The eligible articles were further screened through the available full-text, and the studies matching the inclusion criteria were selected. Upon full-text reading, some studies were excluded due to the reasons described in detail in section Study Selection and Features of the Study. Any disagreement on study eligibility was solved by discussion.



Data Extraction and Analysis

Data extraction was performed by three investigators (CM, MC, and SL). Any disagreement was solved by discussion. The following data were extracted: type of extravasating cells, type of endothelial setting (i.e., endothelial monolayer, endothelial channel, microvascular network), type of biophysical factor(s) applied in the system, type of biochemical factor(s) applied in the system, type of environmental factors present (i.e., presence of tissue-specific cells, features of the extracellular matrix), properties of extravasating cells (i.e., tissue of origin, metastatic potential, cell stiffness). We specifically focused on those factors that can be studied taking advantage of the features of microfluidic extravasation models, with the final aim to illustrate their potential and provide examples of the scientific questions that can be addressed using this type of models.



Outcome(s)

The primary outcome was the effect of any of the factors mentioned above (biochemical factors, biophysical factors, environmental factors, intrinsic cell properties) on the transendothelial migration of extravasating cells detected in the presence of any of these factors in comparison to a control condition.

The effect of the same factors on extravasation phases that precede or follow the transendothelial migration (i.e., rolling, adhesion, matrix invasion) were considered as secondary outcomes.



Quality and Risk of Bias Assessment

The methodological quality of the studies and the risk of bias were assessed adapting methodologies described in previous systematic reviews focusing on in vitro studies (AlShwaimi et al., 2016; Golbach et al., 2016). Two investigators (CM and SL) performed independently the quality assessment. The following biases were evaluated: (1) study design bias, (2) reporting bias, (3) detection bias. The scoring system included four possible answers to the questions reported in Table 2. If the paper satisfied totally or partially the request, the scores were respectively “Yes” or “Partly.” If the paper did not satisfy the request, the score was “No.” “Unclear” was attributed when the paper lacked the necessary details to assess the risk and, hence, it was not possible to attribute any of the other three answers. The overall quality was then determined as follows: The articles that reported 1–3 “Yes” items were classified as high risk of bias, 4–6 as moderate risk of bias, and 6–9 as low risk of bias.




RESULTS


Study Selection and Features of the Study

Based on the literature search strategy, 174 studies were found (65 in PUBMED and 109 in EMBASE). Among them, 48 articles were excluded because they were doubly reported in the literature search. Of the remaining 126 records, one record was excluded because it was a non-English article. Other articles were excluded for different reasons: 5 records not found, 11 review articles, 48 conference proceedings, and 10 articles not satisfying the inclusion criteria. Of the remaining 51 articles, after reading the full-text, 25 were excluded for the following reasons: 3 studies describing non-microfluidic models, one study using animal cells, 5 methodological articles, 7 articles mentioning extravasation, but describing a model lacking endothelial cells, one study describing only the process of intravasation, 7 studies focusing only on the rolling and/or adhesion step and not analyzing the transendothelial migration phase, one study with unclear methodology. One additional eligible study was retrieved from the bibliography of a review and included. Overall, we finally included 27 studies meeting our eligibility criteria for the subsequent analysis (Figure 1). Among these, 16 studies investigated the extravasation of cancer cells only, 8 investigated the extravasation of immune cells only, and 3 studies investigated cancer and immune cell behavior in the same extravasation models. The studies included are reported and described in Tables 1–3.
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FIGURE 1. Flow diagram of the study selection process.



Table 1. Features of the studies focusing on cancer cell extravasation.
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Table 2. Features of the studies focusing on the extravasation of immune cells.
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Table 3. Features of the studies focusing on the interaction between cancer cell and immune cells in the process of extravasation.
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Quality and Risk of Bias Assessment

The overall quality of the study was high (Figure 2A). For what concerns the study design, all the studies included control groups and in the vast majority of cases, the control groups were highly coherent with the scientific hypothesis. A higher heterogeneity was observed analyzing methodological reporting elements. About 25% of studies (7/27) did not provide a detailed and easily comprehensible description of the microfluidic model, which in some cases impeded the full comprehension of the results. All the studies clearly indicated the origin and type of cells, and the vast majority indicated the type of matrix included in the model. On the other hand, the detailed description of any biochemical and/or biophysical stimulation applied in the system was incomplete or missing in 25% of studies (7/27), leading to the impossibility to fully understand the experimental set-up. Almost all the studies (26/27) described the timing of the extravasation assay. Finally, regarding the detection phase, almost all the studies (26/27) applied a quantitative method to analyze cell extravasation, although 33% of studies (9/27) did not clearly indicate whether the data were obtained from independent experiments. Based on these elements, we classified 93% of studies (25/27) as affected by low risk of bias and 7% (2/27) by moderate risk of bias (Figure 2B).
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FIGURE 2. (A) Detailed quality assessment evaluating different aspects related to the study design, reporting, and detection phase. (B) Overall evaluation of the risk of bias.




Microfluidic Models Investigating Cancer and Immune Cells Extravasation

Cell extravasation is a multi-step process, subjected to influences deriving from biochemical and biochemical factors and from the microenvironment in which cells extravasate, but also from intrinsic cell properties and the interactions between cells. Different microfluidic models have been designed to consider the specific effects of those factors on the extravasation process and in the following sections we will describe the models applied and the results achieved for each category of factors (Figures 3A,B).
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FIGURE 3. (A) Illustration showing the multiple factors that contribute to the complexity of microfluidic extravasation models and the factors that can be investigated in such models. (B) Table recapitulating the features of the analyzed articles and the frequency with which each factor was applied and/or analyzed.



Effect of Biophysical Factors

The extravasation process takes place in an environment in which both extravasating cells and endothelial cells are exposed to the frictional force of the blood flow, called shear stress. Shear stress has a crucial role in regulating the interactions between leukocytes and endothelial cells during both physiological and pathological processes. In physiological conditions, leukocyte extravasation mostly occurs in post-capillary venules under shear stress conditions ranging from 1 to 5 dyn/cm2 (Bianchi et al., 2013), whereas in some pathological conditions, such as atherosclerosis, leukocytes extravasate through the artery walls where the shear stress is much higher (Schimmel et al., 2017). Shear stress plays also a role in regulating tumor invasion and metastatic spreading. Cancer cells adhere to the endothelium and extravasate mainly within the range of 0.5–15 dyn/cm2, shear stress conditions that are reached in capillaries, in veins, and in some arteries (Huang et al., 2018).

To study the effect of the shear stress on the extravasation process, advanced 3D microfluidic models have been proposed due to their compatibility with the application of a controlled shear stimulation, which can mimic the conditions experienced by cells in vivo (Zervantonakis et al., 2011). Moreover, microfluidic models can reproduce vessels with specific dimensions and geometrical features (e.g., bifurcations, curvatures, occlusions, etc.) that affect the fluid motion, thus giving the possibility to study the extravasation process in the most varied flow conditions, typical of healthy or pathological states (Wang et al., 2018).

Among the 27 studies included in this review, 13 included a fluid flow applied to the vascular compartment for different purposes: 3 studies used the fluid flow to pre-condition the endothelium before the extravasation assay, 8 to perfuse cells, 1 to induce cell deformation and one to remove non-adherent cells. Of those, only 5 studies analyzed the effect of the flow stimulation compared to a control group, all applied the fluid flow by means of a syringe pump.

To generate the vessels within microfluidic models, two different approaches are mainly used: in the first one, endothelial cells are introduced in a pre-formed microfluidic channel to generate an endothelialized channel, while in the other case endothelial cells embedded in a hydrogel form a 3D microvascular network by self-assembly. In both cases, a 3D endothelial structure with a lumen is obtained mimicking the patency of native vessels. However, great differences exist between these two configurations. If the generation of endothelialized channels with well-defined geometry and dimensions allows controlling the shear stress imposed at the endothelium wall, the second strategy allows a better reproduction of the physiological geometrical structure of native vessels (Wang et al., 2018). To achieve a high control of the flow rate and, therefore, of the shear stress applied at the endothelium wall, the use of syringe pumps is recommended, even though it renders the experimental set-up more complex. A simpler, but less controllable, method exploits the difference in hydrostatic pressure between two reservoirs at the inlet and outlet of the channel, which generates a flow in the channel, defined as gravitational flow. Computational simulations can be carried out to precisely assess the shear stress within the microfluidic channels and correlate the values to the extravasation outcomes.

Shear stress has been shown to influence different steps of the extravasation process of both leukocytes and cancer cells as well as to modify the endothelium properties. Leukocyte extravasation was investigated in dynamic conditions within a synthetic microvascular network, composed by channels mimicking the dimension of post-capillary venules, the main focal sites of leukocyte-endothelium interactions. The microvascular network was obtained through soft-lithography techniques, starting from a digitalized image of the in vivo microvascular topology to reproduce a realistic geometry. In this model, computational fluid dynamic analysis allowed defining the shear stress values of specific regions to correlate the shear stress with either cell adhesion or transendothelial migration outcomes. In particular, the correlation between adherent and extravasated cells with shear stress values showed that neutrophil adhesion was reduced in regions where the shear rate was higher than 120 s−1 (corresponding to an estimated shear stress of 0.98 dyn/cm2) and that transendothelial migration mainly occurred in regions characterized by a shear rate between 30 and 60 s−1 (corresponding to an estimated shear stress of 0.25–0.49 dyn/cm2), as compared to regions with higher values. Rolling velocities measured from videos of neutrophils flowing in the microchannels, showed values closely mimicking the in vivo situation, corroborating the findings of this study (Lamberti et al., 2014). A shear stress lower than 0.1 dyn/cm2 was also reported to enhance the positive effect of the Monocyte Chemoattractant Protein-1 (MCP-1) on monocyte transendothelial migration (Sharifi et al., 2019), suggesting that different types of leukocytes have a similar behavior in response to low shear stress conditions. Similar evidences emerged from a study in which a microfluidic model has been used to reproduce the stenotic occlusion typical of atherosclerosis and investigate the effect on neutrophil adhesion of flow and inflammation within the obstructed channel. Neutrophil adhesion along the channel was minimal at 1 dyn/cm2 in healthy conditions, while it was enhanced when an inflammatory stimulus was present. On the other hand, neutrophil adhesion at higher shear stress values (10 dyn/cm2, value in the physiological shear stress range found in the arterioles, where atherosclerosis is favored), remained low along the channel even in the presence of an inflamed endothelium, indicating that the activation of the endothelium was not sufficient to counterbalance the effect of high shear stress. Differently, when neutrophils encountered obstacles in their trajectory, such as an obstruction in the microchannel mimicking the stenotic condition, they could adhere to the endothelium despite high shear stress levels (Menon et al., 2017).

Not surprisingly, shear stress has also a major role in cancer cell extravasation and consequently in the formation of tumor metastasis. Low shear stress (0.25 dyn/cm2) was shown to reduce breast cancer cell transendothelial migration compared to the static condition, whereas it increased the migration distance of cancer cells in the extracellular environment possibly due to the generation of an interstitial flow within the extravascular environment (Jeon et al., 2015). Shear stress was also shown to negatively correlate with the adhesion of breast cancer cells to the endothelium, since a shear stress of 0.16 dyn/cm2 within an endothelialized channel reduced cancer cell adhesion compared to a half-shear stress value (0.08 dyn/cm2). This trend was present also when an inflammatory stimulus was added, once again showing the prevalent effect of shear stress over inflammation, although a higher number of cells adhered to the endothelium compared to a healthy condition (Mollica et al., 2019).

Besides the direct influence on the extravasating cells, shear stress can also have an indirect effect, through the modification of endothelial properties. A shear stress of 0.25 dyn/cm2 applied in a microvascular network decreased the endothelial permeability compared to static conditions, possibly due to the tightening of endothelial cell junctions (Jeon et al., 2015). In line with this result, 10-fold lower shear stress values applied on an endothelial monolayer were sufficient to induce the expression of VE-cadherin and ZO-1, both involved in the formation of endothelial cell junctions (Liu et al., 2019). However, a minimal shear stress threshold to induce modifications in endothelial cell behavior seems to exist, since VE-cadherin and ICAM-1, an adhesion molecule involved in leukocyte-endothelial cells interactions, were not upregulated by a 100-fold lower value of shear stress (Sharifi et al., 2019). Altogether, these results suggest that shear stress is important for the formation of an intact endothelial barrier mediating the first step of the extravasation process, even though the values of shear stress tested in vitro are far below the physiological values.

Although the shear stress stimulation is mostly used to mimic the flow conditions to which endothelial cells are exposed in vivo, it can also be used to mechanically stimulate the cells of the extracellular environment to investigate its effect on the process of cell extravasation. To this purpose, an oscillatory fluid flow (1 Pa, 1 Hz) was applied to stimulate osteocytes mimicking the interstitial shear stress experienced by bone cells in vivo. When bone cells were stimulated, the extravasation and migration distance of breast cancer cells decreased, highlighting how biophysical stimulation, modifying the behavior of the extravascular environment, can play a role in the extravasation of cancer cells (Mei et al., 2019). Beside shear stress, other biophysical stimuli can affect the extravascular environment and, subsequently, cell extravasation. For instance, microfluidic models applying mechanical stimuli, such as compression (Occhetta et al., 2019) or stretch/strain (Gaio et al., 2016), have been recently developed showing important effects on the stimulated tissues. Similar technological solutions could be also implemented in models designed to investigate cell extravasation to correlate the behavior of extravasating cells with the reaction of the extravascular environment to biophysical stimuli. Furthermore, recent advances in microengineering have allowed the generation of more physiologically relevant microenvironments in which more than one type of biophysical stimuli can be applied (Kaarj and Yoon, 2019). However, despite these recent advances and the potential of microfluidic models to implement a variety of biophysical stimuli, among the 27 articles analyzed in this review, shear stress was the only biophysical stimulus that was investigated in relation to the cell extravasation process and, for this reason, the only one described here.

Summarizing, higher shear stress values decreased the extravasation of both immune and cancer cells, reducing their adhesion to the endothelium and increasing the tightness of the endothelial barrier. The ability of microfluidic systems to apply shear stress in vascularized channels allowed evaluating differences in endothelial permeability and in cell extravasation, which are hardly detectable with other models. Furthermore, the possibility to implement channels with a desired geometry highlighted that shear stress cannot be considered as a single element affecting the extravasation process, but it should be analyzed in combination with the geometrical features of the vascular environment because these two elements act together in determining cell trajectories and the probability of the circulating cells to adhere to the endothelium and, hence, transmigrate.



Effect of Biochemical Factors

Among different biochemical stimuli present in the microenvironment, those related to inflammation and chemotaxis play a key role in the extravasation of immune and cancer cells. Inflammation is a body response activated by toxic stimuli and pathological conditions, such as infections or tissue injuries (Medzhitov, 2008), but it is also a hallmark of cancer, involved in the development and progression of malignancies (Diakos et al., 2014). Inflammation influences cell extravasation mainly through a modulation of endothelial properties, decreasing the tightness of endothelial junction (Mollica et al., 2019) and leading to a higher permeability of the endothelial barrier (Chen et al., 2013; Menon et al., 2017; Mollica et al., 2019). Chemotaxis is fundamental for the homeostatic trafficking of immune cells and for the enrollment of leukocytes to infection and inflammation sites (Luster, 2001). Chemotaxis is also involved in each step of cancer spread, leading to metastasis formation (Roussos et al., 2011). Chemoattractants and their receptors act as mediators in the chemotaxis of cancer cells, stromal cells, and cancer-associated inflammatory cells. When the regulation of these mediators is unbalanced, spreading, and progression of cancer is favored, determining a dramatically more efficient cancer dissemination (Roussos et al., 2011).

Among the 27 selected articles, 13 studies investigated the effect of biochemical stimulations on the extravasation process. Among these, 4 studies applied an inflammatory stimulus and 10 tested the effect of chemoattractants.

Microfluidic models are highly suitable for investigating the effects of biochemical stimuli on extravasation because they allow introducing external factors in the system to model specific in vivo conditions. This strategy consents to achieve the spatial and temporal control of biochemical gradients at relevant dimensions and time scales, which could not be obtained in traditional 2D cultures. The use of microfluidic models has allowed recapitulating gradients of hormones, growth factors, cytokines, and other biomolecules that play a fundamental role in processes such as angiogenesis, tumorigenesis, and cells migration, leading to an improvement in understanding of cells motility due to chemical gradients (Young and Beebe, 2010).

With regards to the investigation of the role of inflammation in extravasation, microfluidic models consent to generate gradients of inflammatory factors, usually TNF-α. These factors can be directly diluted into the culture medium (Chen et al., 2013; Menon et al., 2017) or incorporated into a gel (Mollica et al., 2019). The latter approach better mimics the physiological origin of the inflammatory stimuli, which usually takes place deep in the tissue, and eventually reaches the endothelial barrier. When supplemented directly in the medium, TNF-α is usually added in a concentration of 10 ng/mL, whilst its addition in the gel needs a higher concentration to reach a biological effect (Mollica et al., 2019). It is fundamental to apply the correct dose of inflammatory factors, considering that they can be cytotoxic when used at high concentrations, both on extravasating cells and on endothelial cells. As for the biological effect, also the cytotoxic effect depends on the mode of application and on the timing. A concentration of 10 ng/mL directly imposed on endothelial cells was reported to be toxic, leading to cell death and ruptures in a self-assembled microvasculature (Chen et al., 2013), while no toxic effect occurred at higher concentration of TNF-α (50 ng/mL) when the molecule was included in a gel (Mollica et al., 2019).

Exploiting microfluidic models, it has been demonstrated how TNF-α modulates endothelial intercellular adhesion and increases vascular permeability, allowing to better understand the influence of inflammatory stimuli on cell extravasation. These effects can be directly visualized by perfusing fluorescent dextran or μm-sized fluorescent polystyrene beads into the endothelial channel (Chen et al., 2013; Menon et al., 2017; Mollica et al., 2019). The increase of the endothelial barrier permeability indicates a loosening of cell junctions and correlates with an increase in cancer cells transendothelial migration (Chen et al., 2013). Another effect of inflammation that has been observed in microfluidic models is the higher expression of specific molecules by endothelial cells, such as adhesion receptors and integrins, which promotes cancer-endothelial cell adhesion and contributes to increase the number of extravasated cancer cells (Mollica et al., 2019). Inflammatory stimuli have been also applied to promote the interaction between neutrophils and endothelium, which are essential to reproduce the pathological inflammatory state typical of cardiovascular diseases (Menon et al., 2017).

Beyond inflammatory factors, microfluidic models permit to create gradients of chemoattractants, by incorporating them directly into the extravascular matrix (Han et al., 2012; Menon et al., 2017; Sharifi et al., 2019) or by diluting them into the medium placed in a separate compartment or channel of the microfluidic device (Lamberti et al., 2014; Wu et al., 2015; Roberts et al., 2016; Ingram et al., 2018). The profile and the stability of the chemical gradient can be simulated with a FEM (finite element method) software (Han et al., 2012; Wu et al., 2015), and the results can be easily compared with empirical tests conducted using a fluorescent tracer with a molecular weight comparable to that of the chemoattractant (Wu et al., 2015). As an alternative, chemoattractant factors imposed through the gel can be quantified in the medium collected over time to obtain a release profile (Sharifi et al., 2019).

Chemoattractants with a well-defined effect have been exploited in microfluidic models to validate their own ability to reproduce a specific pathologic microenvironment. In this scenario fMLP (formyl-methionyl-leucyl-phenylalanine) has been used to validate a new microfluidic system to study neutrophil motility and extravasation (Hind et al., 2018). MCP-1 (Monocyte Chemoattractant Protein-1) was used to validate a Foreign Body Response-on-a-Chip platform designed to study monocyte extravasation during implant-induced inflammation (Sharifi et al., 2019). Concerning cancer extravasation models, a gradient of SDF-1α (Stromal Derived Factor-1α) was applied to induce the extravasation of breast cancer cells and validate a platform for the study of single cell extravasation (Roberts et al., 2016).

Through the design of the microfluidic device, chemoattractant factors can also be studied in competition with each other to establish a chemoattractant hierarchy. The superior chemoattractant effect of fMLP as compared to IL8 (Interleukin-8) was proven analyzing neutrophils movement during the initial transendothelial migration phase and in the subsequent migration into the extravascular matrix (Han et al., 2012) in the presence of both molecules. Using another model, where neutrophils were simultaneously subjected to the stimuli of two diverse factors coming from two opposite ends of the migration channel, a similar chemoattractant hierarchy was proven. LTB4 and fMLP showed a similar ability in inducing neutrophil transendothelial migration, which was higher compared to that of IL8, in line with findings showing a prevalent effect for LTB4- and fMLP-activated signaling pathways (Wu et al., 2015).

Agents targeting chemotaxis have been tested in microfluidic models with the aim to the develop new therapeutic strategies. Human monoclonal anti-FPR1 antibody and Wortmannin (a fungal metabolite), were shown to be effective in impeding neutrophil migration to fMLP (Han et al., 2012; Lamberti et al., 2014). A similar approach was applied to hinder the migration of cancer cells, using a CXCR4 (CXCL12 receptor) antagonist, which blocked the transendothelial migration of cancer aggregates (Zhang et al., 2012). Finally, cancer cell extravasation was blocked through the use of an antibody directed against a cancer cell surface receptor (CXCR2) specific for a chemokine, CXCL5, secreted by osteoblastic cells (Bersini et al., 2014).

To summarize, in the analyzed articles the effect of an induced inflammatory state was mainly studied in relation to its effect on endothelium activation and permeability, while the effect of chemoattractants was tested with different purposes depending on the scientific hypothesis of the study. In models investigating immune cells, chemoattractants were mainly applied to validate new microfluidic models or test different chemoattractant factors in competition. In cancer cell extravasation models, the studies were more focused in identifying strategies to block the effect of chemoattractants on cancer cells, with the final goal of finding a strategy to impede the metastatization process. The possibility to measure endothelial permeability in the context of a 3D microenvironment allowed correlating the modification of endothelial junctions induced by inflammatory factors with an increased cell extravasation. Furthermore, the possibility to generate controllable and measurable gradients of chemotactic factors empowered the identification of molecules and signaling pathways involved in the cell extravasation process, that can be pharmacologically inhibited or enhanced depending on the desired outcome. That leads to the exploitation of these models as platforms for the screening of new therapeutic agents.



Effect of Environmental Factors

The reproduction of some characteristics and properties of tissue-specific microenvironments in particular the 3D structure, in a microfluidic model is obtained through the use of hydrogels to form an extravascular matrix (EVM). In vivo, the EVM is a dynamic and intricate structure composed by hundreds of diverse proteins, including matrix proteins, growth factors, cytokines, and several bioactive products deriving from matrix degradation and impacting cellular differentiation, proliferation, and migration (Boyd and Thomas, 2017). In microfluidic models, the EVM is not so complex, but still provides cells with a 3D environment which facilitates the maintenance of cell function and is enriched over time by cell-produced molecules. The introduction of a 3D EVM in microfluidic devices for the study of extravasation represents a step forward compared to standard models, such as transwell models, due to a better reproduction of a functional endothelial barrier and the possibility to decouple the results from the gravitational effect. The EVM can also embed tissue-specific cells, allowing to reproduce even better a tissue-specific microenvironment in microfluidic models.

Among the 27 articles included in this review, 8 articles correlated the cellular extravasation process to the features of the extravascular matrix and 7 introduced tissue-specific cells to study the extravasation of cancer cells. Among these, 5 studies dissected the contribution of tissue-specific cells to the extravasation process compared to a control condition.

Collagen and fibrin gel, alone or in combination, are the hydrogels mainly used to reproduce the EVM. The use of collagen and fibrin allows modulating the mechanical features of EVM, since it is possible to vary collagen stiffness by adjusting the pH before the polymerization (Han et al., 2012), whilst fibrin stiffness can be easily tuned by modulating the concentrations of fibrinogen and thrombin as well as the polymerization conditions (Ingram et al., 2018). Alternatively, Matrigel, which is a widely used substrate for endothelial cell culture and angiogenesis assays, has been also employed (Chaw et al., 2007; Roberts et al., 2016).

The choice of EVM is crucial, considering its role in the development of endothelial vessels. Vessels formed in fibrin gel show morphological elongation, characterized by tight cell junctions and vessel maturity, while vessels formed in collagen matrix lack morphological elongation, showing a leaky vessels phenotype and higher permeability, as demonstrated by FITC-dextran perfusion experiments (Ingram et al., 2018). These differences are particularly relevant considering the close correlation between the tightness of the endothelium and cell extravasation.

Beyond the effects on the endothelium, stiffness and porosity of the matrix can directly affect cancer and immune cell extravasation. Firstly, these matrix properties affect the passive diffusion of biochemical gradients imposed across the EVM. Additionally, EVM stiffness can directly influence cancer cell motility since cells tend to move toward more rigid ECM, with a process called durotaxis (Roberts et al., 2016). On the contrary, matrix stiffness can represent an obstacle for cell migration, as shown in the case of neutrophils whose migration was decreased in correspondence of higher stiffness of collagen matrix (Han et al., 2012).

The introduction of tissue-specific cells allows reproducing different tissue-specific microenvironments. Bone tissue represents one of the most investigated extravasation site, being acknowledged as a fertile metastatic target for various tumors, such as breast, prostate, thyroid, lung, bladder, renal carcinoma, and melanoma (Arrigoni et al., 2016, 2017; Macedo et al., 2017). The first reported approach aimed at reproducing bone tissue in microfluidic models was based on the inclusion of osteo-differentiated bone marrow-derived mesenchymal stems cells in a hydrogel matrix. Using this strategy, the extravasation and migration of breast cancer cells was shown to be higher in a bone microenvironment compared to empty EVM (i.e., without any cell), used as a control to prove that tissue specific cells do play a role in the process (Bersini et al., 2014). Additionally, bone- and muscle-mimicking microenvironments were compared, demonstrating the preferential extravasation of breast cancer cells toward the bone microenvironment (Jeon et al., 2015). These results are in accordance with the clinical data that indicate bone and muscle as a preferential and non-preferential metastatization site for breast cancer, respectively, proving that the model recapitulates the in vivo situation. The use of these muscle-specific models allowed also identifying the adenosine secreted by myoblasts as a protective agent against metastatization, leading to a better insight into the mutual interactions between microenvironment and extravasating cells (Jeon et al., 2015). The comparison between these two tissues also showed that the network developed into the muscle-mimicking microenvironment is characterized by higher permeability compared to the bone-like microenvironment, although the cancer extravasation rate was higher in the latter. This result decouples the direct correlation between the endothelial permeability and the extravasation rate, proving that this process is affected by multiple factors, among which the microenvironmental conditioning and the presence of cell-secreted molecules play a critical role. In vivo, tissues are exposed also to specific mechanical stimuli, which are particularly important in the case of bone tissue. To study their influence on metastatic cell extravasation, bone cells cultured on a layer of collagen I in the EVM compartment were exposed to an oscillatory flow, to generate a mechanically-stimulated bone microenvironment that was compared to the unstimulated conditions. A decrease in the extravasation rate and migration distance of breast cancer cells was shown in the case of mechanical stimulation of bone cells, showing a protective effect of mechanical loading against the formation of bone metastasis (Mei et al., 2019).

The brain environment has been also object of study since brain metastases are among the most lethal events in cancer progression. In this context, to mimic in vitro the brain parenchyma toward which cancer cells extravasate, astrocytes were introduced in the EVM. The presence of brain specific cells combined with flow stimulation increased the tightness of brain-specific microvessels forming the blood-brain barrier by decreasing the endothelial permeability if compared to conditions without astrocytes and shear stimulus. These results indicate that astrocytes modify the endothelium properties and that this might change the cancer cell extravasation outcomes, approaching a condition more similar to the in vivo situation (Liu et al., 2019).

While tissue-specificity represents a key factor driving cancer cells extravasation, there is no evidence that it significantly influences the extravasation of leukocytes. Leukocyte extravasation has been generally considered as uniform between different tissues. However, in some organs the mechanisms guiding leukocyte extravasation can differ from the classical leukocyte adhesion cascade due to a peculiar structure of the endothelium, which can be fenestrated or discontinuous (e.g., in the bone marrow), and for the proteins involved in the different steps of leukocyte extravasation process (Maas et al., 2018). Among the analyzed studies, none investigated the influence of tissue-specific microenvironments on immune cell extravasation, probably due also to the difficulty in finely reproducing in vitro an endothelium with tissue-specific features in terms of endothelial cell organization and tightness.

In this context, beyond the presence of tissue-specific cells in the model, the presence of a tissue-specific endothelium would allow the study of cancer cell and leukocyte extravasation with a higher reliability, since the phenotypic traits of the endothelium strongly depends on its anatomical origin (Marcu et al., 2018). One of the studies analyzed in this review introduced a brain-specific endothelium mimicking the blood-brain barrier (Liu et al., 2019). However, the results on extravasation were not compared with those obtained with a non-specific endothelium, which did not allow a direct confirmation of the effects of a tissue-specific endothelium on extravasation. Among the 27 articles included in this review, 19 reproduced the endothelium by using HUVECs, regardless of the tissue under investigation. Indeed, HUVECs represent the most common source of primary endothelial cells used in in vitro models (Kocherova et al., 2019) due to the wide availability and easier culture protocols. On the contrary, tissue-specific endothelial cells are scarcely available commercially and difficult to isolate from human tissues, which hampers their easy translation into in vitro settings. To overcome these major limitations, a possible alternative to the isolation of tissue-specific endothelial cells is the induction of a tissue-specific phenotype in HUVECs, by co-culturing them with tissue-specific cells, which has been shown to promote the acquisition of endothelial phenotypic tissue-specificity (Visone et al., 2016; Bersini et al., 2018a).

Summarizing, the presence of vascular channels or vascular networks associated to a tissue-specific environment in microfluidic models allowed evidencing the effect of EVM and tissue-specific cells on the properties of endothelium and on cell extravasation. The possibility to tailor the microenvironment (e.g., modifying matrix mechanical properties or including cells secreting tissue-specific molecules) allowed the study of the crosstalk between circulating and tissue-specific cells, thanks to the possibility of testing multiple combinations of cells in a standardized environment where circulating and tissue-specific cells are the only variables. Although this approach neglects some fundamental factors that play a role in vivo, such as the degree of vascularization, tissue-specific matrix composition and endothelium structure, it allows shading light on protective factors secreted by tissue-specific cells as well as on factors determining the pro-metastatic behavior of some tissues, which could find an application as preventive therapy against cancer metastatization.



Effect of Cell Features and Interactions Between Cancer and Immune Cells

The fate of a circulating cell from blood vessels to extravascular tissue-specific environments is not determined only by biochemical, biophysical, and environmental features, but also by own cell features that can determine its probability to extravasate. The intrinsic ability of a cancer cell to extravasate is related to its metastatic potential, defined as the ability to invade specific secondary organs. Similarly, leukocytes have different ability to extravasate during inflammation based on their phenotype and function. Among single cell features determining the ability to extravasate, cell deformability has been particularly studied, since it influences different steps of the metastatic cascade in which cells leave the primary site of tumor, circulate in the bloodstream, and extravasate (Swaminathan et al., 2011). Indeed, cancer cells deform to pass through endothelial cell junctions during both the intravasation and the extravasation processes and they need also to deform to avoid being stuck in small capillary vessels (Hu et al., 2018). Beside the properties of single circulating cells, the interplay between cancer cells and leukocytes is increasingly being investigated to determine its influence on cancer extravasation and metastasis formation. Leukocytes have been shown to be actively involved in tumor progression and metastasis formation with conflicting results. In some cases leukocytes have been shown to promote the extravasation of cancer cells (Liang et al., 2010), whilst in other cases they have been shown to hamper cancer dissemination by provoking tumor death, thus representing interesting candidates for the development of immunotherapies (Lanca and Silva-Santos, 2012).

Among the 27 studies included in this review, 4 studies investigated the effects of the cancer cell properties on extravasation, 2 papers studied the influence of leukocyte subpopulation (1 for monocytes and 1 for neutrophils), and 3 investigated the interactions between leukocytes and cancer cells.

To study the effect of circulating cells properties and of their interactions on the extravasation process, microfluidic models are key tools, since they permit to visualize cell deformation and interactions within an in vivo-like environment through high resolution imaging techniques. Furthermore, microfluidic models can well reproduce the organization of the intravascular and extravascular spaces if compared to standard 2D culture systems, allowing to monitor if leukocytes affect the metastasis formation when they are inside the vessels and/or when they are already infiltrated in the tissues. As mentioned before, the microfluidic models that can be used to investigate these processes can be classified in two different types, being either based on an endothelialized channel in which an endothelial monolayer divides the EVM from the intravascular space or through gel-embedded endothelial cells self-assembling in a 3D microvascular network surrounded by the EVM. This latter system, beyond providing a more physiological-like structure of the vessels, also allows a better real-time monitoring of cell interactions (e.g., clusters) within the vessel or with the endothelium.

To study the influence on extravasation of cell deformation in small vessels, microfluidic models including 10 μm micro-gaps mimicking blood capillaries were generated. Different types of cancer cells injected through these capillaries-like structures under flow showed a different mechanical deformation. Higher cell stiffness was correlated with higher cell viability after deformation, but it did not result in a different number of extravasated cells or migration distance (Chaw et al., 2007). The possibility to monitor in real-time cell transendothelial migration within a microvascular network allowed studying how cancer cells deform while crossing the endothelial barrier. Additionally, differences were observed in the extravasation of single circulating cells compared to cell clusters and of adherent cells compared to mechanically trapped cells (Chen et al., 2013).

Besides investigating the effects of cell deformation, microfluidic models were exploited to distinguish the extravasation ability of cancer cells with a different degree of malignancy (Chen et al., 2013) as well as of cancer cells originating from different primary tumors (Tourovskaia et al., 2014). For instance, the presence of hyaluronan in the pericellular matrix of breast cancer cells (Brett et al., 2018) or the expression of specific proteins implicated in brain cancer development (Liu et al., 2019) were studied in relation to the metastatic potential of cancer cells, demonstrating that microfluidic extravasation models are able to capture differences in cell malignancy and allow identifying some of the elements responsible of a high metastatic potential. Breast cancer cells with different metastatic potential were also pre-conditioned in hypoxic conditions before injection in a microfluidic device, demonstrating that hypoxic cells have a higher extravasation rate compared to normoxic cells (Song et al., 2018). The primary tumor from which metastatic cells originate can also heavily influence their extravasation potential in relation to tissue-specific metastatization sites. Cells from breast, bladder and ovarian cancer in a microfluidic model displayed a different affinity toward a bone-mimicking microenvironment, with the bladder cancer cells showing the highest extravasation rate and migration distance and the ovarian cancer cells the lowest (Bersini et al., 2018b). These results are in line with clinical evidence demonstrating that different types of cancer preferentially invade different secondary organs.

Similar to cancer cells, leukocytes showed differences in the extravasation potential between different leukocyte subsets. Exploiting a microfluidic system allowing the physical separation of the extravascular and intravascular environment, a separate analysis of extravasated and non-extravasated neutrophils allowed studying the transcriptional profile of migratory and non-migratory neutrophil subsets (McMinn et al., 2019). Another model was applied to investigate the extravasation ability of different monocyte subsets, demonstrating that inflammatory monocytes have a superior TEM rate than patrolling monocytes (Boussommier-Calleja et al., 2019).

During extravasation, cancer cells interact with the endothelium and modify its microarchitecture. In this context, breast cancer cells characterized by invasive phenotype were shown to directly modify the function of the endothelium by increasing endothelial permeability compared to a non-tumorigenic cell line (Jeon et al., 2013). The negative influence of cancer cells in the maintenance of an intact endothelium was observed through fluorescence microscopy imaging. Immunofluorescence analysis allowed to obtain information about the endothelium integrity through the visualization of two tight junction proteins, ZO-1 and VE-cadherin, expressed by endothelial cells, both showing a decreased expression during cancer cell extravasation (Liu et al., 2019). The mechanisms that leads to endothelium disruption by cancer cells have not yet been clarified and can either depend on a local damage of the endothelium by cell contact or on the secretion of factors affecting the endothelial cell junctions. High resolution imaging showed the formation of gaps in the endothelial barrier during the physical passage of cancer cells, followed by intact endothelial cell-cell junctions immediately after the extravasation of cancer cells. This data reveals that the damage of the endothelial barrier is not irreversible, supporting the hypothesis that cancer cells might regulate the endothelial permeability through the secretion of biochemical factors (Chen et al., 2013).

Regarding the interactions between cancer cells and monocytes, both circulating monocytes and monocyte-derived macrophages resident in tissue EVM have been studied within microfluidic models. Circulating monocytes perfused together with breast cancer cells in a microvascular network were shown to decrease cancer cell extravasation rate. Since monocytes did not show prolonged contact with cancer cells in the microvessels, this effect probably depended on paracrine signaling rather than cell-cell contact. On the other hand, monocyte-derived macrophages present in the EVM did not affect cancer cell extravasation, suggesting a role of monocytes in cancer extravasation when they are inside the vessels but not when they are in the tissue (Boussommier-Calleja et al., 2019). Partially in contrast with this last result, human monocytes extravasated to the EVM were shown to promote breast cancer cell extravasation as a result of MMP9 secretion, which caused the disruption of the endothelial barrier, and of the decreased expression of two tight junction proteins, ZO-1 and Occludin. The same study showed that monocyte-derived macrophages generated microtracks in the EVM, thus facilitating cancer cell migration and matrix invasion (Kim et al., 2019). The role of circulating leukocytes in cancer can be also influenced by the presence of inflammatory conditions. Indeed, inflamed neutrophils injected in a microvascular network model aggregated with circulating melanoma cells, facilitating the adhesion of cancer cells to endothelial cells. The confinement of these aggregates to the endothelium was favored by the secretion of IL8 from neutrophils and correlated with a higher extravasation of cancer cells (Chen et al., 2018).

Although the features of cancer and immune cells can be investigated also with standard in vitro and in vivo models, high-resolution real-time analyses that can be performed in microfluidic models allowed elucidating how certain cell features can impact on the ability of the cell to cross the endothelial barrier and evidencing the mechanisms which are activated during this process. Furthermore, microfluidic models allow studying how cancer and immune cells can interact with each other in the intravascular and extravascular environment, producing an effect on cancer cell extravasation, due to their ability to dissect the effects of cellular interactions during each specific extravasation step.





SUMMARY

Cell extravasation is a highly regulated process through which cells leave the bloodstream, cross the endothelium and finally migrate into the tissues. As evidenced from the literature, several studies investigated this process for immune or cancer cells exploiting microfluidic devices, which were analyzed and compared in this systematic review. As mentioned above, the overall quality of studies describing the application of microfluidic extravasation models is high. However, improvements could be pursued, mostly from a reporting aspect, in future studies. The understanding of microfluidic models design, as well as the localization of the different cell/matrix components in the systems is not always easy. The use of scientific illustrations, providing a graphical scheme of the model and highlighting how the different elements of the model mimic the in vivo situation, would significantly facilitate the comprehension of the studies. Additionally, we encourage authors applying biophysical and biochemical factors in their microfluidic models to describe in detail the methodology. For biochemical factors, it is essential to describe the concentration of the factor and the timing of application. Also, if a biochemical gradient is present, the way it is generated and maintained should be clearly indicated and the gradient should be characterized by computational modeling and/or experiments with fluorescent tracers over time. For what concerns biophysical factors, we found that flow shear stress is the factor most often applied. In this case, we encourage authors to clearly state the purpose and the timing of flow shear stress application. It should be clearly indicated in the materials and methods whether the application of a fluid flow is used to pre-condition endothelial cells, to seed extravasating cells or for any other purpose. Most of the times, this information is present throughout the text, but not clearly reported in the methodological section. Additionally, when fluid flow is applied, it would be very useful to indicate the levels of flow shear stress (in dyn/cm2 or Pa), to allow the comparison among different studies independently from the size of the vascular channel.

Overall, our analysis of the results obtained using advanced 3D models for studying immune and cancer cell extravasation, highlighted differences and similarities between the two processes. The use of microfluidic models allowed distinguishing between direct and endothelium-mediated effects on extravasation. As an example, it has been evidenced that shear stress application reduced endothelial permeability, leading to a decrease in extravasation, whilst inflammatory conditions increased permeability, eventually reflecting in an increased ability to extravasate of both immune and cancer cells. Concerning the direct effects of biophysical stimulation, both immune and cancer cells preferably adhered and transmigrated through the endothelium in lower shear conditions. Although shear stress values were not perfectly matched with the physiological ones, they still allowed evidencing a negative correlation between cell adhesion/TEM and shear stress, which is corroborated by in vivo data both on cancer (Follain et al., 2018) and immune cells (Yang et al., 2018). Similar to the correlation between extravasation and shear stress, also chemoattractants showed an analog effect on the extravasation of immune and cancer cells. In particular, leukocytes extravasated only in the presence of specific chemotactic stimuli, as reported in vivo (Mitroulis et al., 2015), and the presence of specific chemotactic factors facilitated cancer cell extravasation (Wendel et al., 2012; Borsig et al., 2014), although it was not strictly required to induce the phenomenon. In this context, microfluidic extravasation models were exploited to identify strategies to block the effect of chemoattractants on cancer cells, with the final goal of finding a strategy to stop the metastatization process. A factor differently affecting cancer and immune cell extravasation is represented by the presence of a specific extravascular tissue. Results from microfluidic devices incorporating tissue-like microenvironments showed that the presence of tissue-specific cells plays a relevant role in the metastasis formation, as already hypothesized in the past (Paget, 1989). On the other side, leukocyte extravasation follows a cascade common to most of the human tissues (Maas et al., 2018), even if differences in EVM mechanical properties and endothelium structure have been found to affect leukocyte migration in the tissue. Microfluidic devices proved particularly suitable also to investigate the effects of intrinsic cell properties and of their interactions. As an example, it was possible to visualize the mechanism through which cancer and immune cells cross the endothelial barrier, showing how cancer cells damage the endothelium integrity, and a similar but temporary modification of endothelial junctions was seen also in extravasating leukocytes (Strell and Entschladen, 2008; Sokeland and Schumacher, 2019). Taken together, all these results highlight how cancer and immune cell extravasation shows a similar susceptibility toward factors including shear stress, presence of inflammation, or chemoattractants, whilst immune cell, as opposed to cancer cell, extravasation seems not to be so influenced by tissue-specific factors such as cells included in the 3D matrix.

As described, the majority of these models derives results and takes into account only the effects of single stimuli or specific combinations of few variables, despite the complexity of this physiologically dynamic scenario. Differences and commonalities in immune and cancer cell extravasation emerging from these first uses of microfluidic devices could help in elaborating a common model of the process. The construction of such a model requires the integration of further elements, bringing forward the reproduction of the in vivo environment, while maintaining the advantages of a controlled and easy-to-monitor in vitro system. The ideal model should hence be able to mimic in a single, detailed vascularized microenvironment all the different aspects of the extravasation process independently from the considered cells. Indeed, ideally only by changing the extravascular environment (tissue-specific cells and EVM) and the extravasating cells, the system would allow a multifaceted analysis of the extravasation process within several different human tissues. Increasing the level of detail and enriching the microfluidic models with more and more elements will lead to a better understanding of this complex process, in view of the development of therapeutic strategies counteracting or enhancing the extravasation of the desired cell type.
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Intestinal transport and sensing processes and their interconnection to metabolism are relevant to pathologies such as malabsorption syndromes, inflammatory diseases, obesity and type 2 diabetes. Constituting a highly selective barrier, intestinal epithelial cells absorb, metabolize, and release nutrients into the circulation, hence serving as gatekeeper of nutrient availability and metabolic health for the whole organism. Next to nutrient transport and sensing functions, intestinal transporters including peptide transporter 1 (PEPT1) are involved in the absorption of drugs and prodrugs, including certain inhibitors of angiotensin-converting enzyme, protease inhibitors, antivirals, and peptidomimetics like β-lactam antibiotics. Here, we verify the applicability of 3D organoids for in vitro investigation of intestinal biochemical processes related to transport and metabolism of nutrients and drugs. Establishing a variety of methodologies including illustration of transporter-mediated nutrient and drug uptake and metabolomics approaches, we highlight intestinal organoids as robust and reliable tool in this field of research. Currently used in vitro models to study intestinal nutrient absorption, drug transport and enterocyte metabolism, such as Caco-2 cells or rodent explant models are of limited value due to their cancer and non-human origin, respectively. Particularly species differences result in poorly correlative data and findings obtained in these models cannot be extrapolated reliably to humans, as indicated by high failure rates in drug development pipelines. In contrast, human intestinal organoids represent a superior model of the intestinal epithelium and might help to implement the 3Rs (Reduction, Refinement and Replacement) principle in basic science as well as the preclinical and regulatory setup.

Keywords: peptidomimetics, acylcarnitine, glucose absorption, live cell imaging, fatty acid oxidation, PEPT1, competitive inhibition, 3R


INTRODUCTION

Since 2009, when Sato et al. (2009) reported the generation and long-term in vitro cultivation of intestinal organoids, this technology had a tremendous impact on research on stem cell biology, basic medical science, disease modeling and personalized medicine. Previously, we reported on murine intestinal organoids for assessing nutrient transport and sensing as well as incretin hormone secretion (Zietek et al., 2015). Intestinal nutrient transporters are not only involved in the absorption of nutrients from ingested food, they also serve as sensors e.g., for glucagon-like peptide 1 (GLP-1) secretion and are able to transport certain drugs (Wenzel et al., 2002; Zietek and Daniel, 2015). Hence, intestinal transport processes and their interconnection to intestinal epithelial cell (IEC) metabolism and whole body metabolic state are relevant to a variety of diseases and represent potential therapeutic targets. Among these pathologies are intestinal diseases such as malabsorption syndromes and intestinal inflammation, as well as metabolic disorders including obesity and type 2 diabetes, but also pathologies treated with drugs that are actively absorbed and/or metabolized by enterocytes. For example, peptidomimetics like β-lactam antibiotics are substrates of peptide transporters (Wenzel et al., 2002), and a broad range of drugs is metabolized by intestinal cytochrome P450 enzymes (Xie et al., 2016). Furthermore, IEC not only constitute a barrier separating the host from its microbiota, epithelial metabolism serves as a gatekeeper of nutrient availability for the whole organism, and IEC fatty acid oxidation has been implicated in the control of eating (Langhans et al., 2011; Ramachandran et al., 2018). Yet, many aspects of nutrient absorption, drug bioavailability and enterocyte metabolism remain elusive, e.g., underlying causes of fructose malabsorption are still unknown (Ebert and Witt, 2016) and a model to predict the impact of chemical modifications of a drug on its oral bioavailability is missing (Ovadia et al., 2011; Rader et al., 2018b). Consequently, there is growing interest in model systems allowing to study intestinal nutrient absorption, drug transport and enterocyte metabolism.

Here, we verify the transferability of our previous uptake studies in murine intestinal organoids (Zietek et al., 2015) to human organoids, improved experimental protocols and expanded readouts for visualization of transport processes and metabolic analyses. Previously existing in vitro models such as Caco-2 cells, Madin-Darby canine kidney cell culture (MDCK) or rodent explant models (Ussing chamber, everted gut sac models) suffer from severe limitations, as they do not reflect human physiology due to their cancer origin (Pinto et al., 1983; Hidalgo et al., 1989) or their non-human origin, respectively. In contrast, human organoids closely reflect epithelial physiology in a region-specific resolution, conserve the phenotype of the donor and concurrently offer advantages of easy handling, long-term culture and expansion, as well as cryo-conservation (Almeqdadi et al., 2019). Since species-specific differences impede extrapolation of animal model-derived data to the human setup, focusing on human-based research models is essential for generating human-relevant data related to diseases and drug development. Currently, intestinal organoids are mostly discussed in the context of personalized medicine, allowing for individualized drug screening and prediction of drug responses in cancer patients and patients with cystic fibrosis (Kondo and Inoue, 2019; Phan et al., 2019; Schutgens and Clevers, 2020). However, organoids as superior model of the intestinal epithelium may additionally be used for basic studies on bioavailability of drugs, drug development, and toxicology testing, complementing and partly replacing animal testing (Grabinger et al., 2014; Takahashi, 2019). Our data support that already simple organoid culture protocols hold great potential in improving the toolbox of metabolic research and facilitating animal-free approaches.



MATERIALS AND METHODS

All relevant methods and materials can be found in the Supplementary Material.



RESULTS


Culture Conditions Impact Organoid Cell Composition and Expression of Nutrient Transporters

Most nutrient and mineral uptake takes place in the small intestine, mediated by specific nutrient transporters located in the brush border membrane of enterocytes (Daniel and Zietek, 2015). A key property of intestinal organoids is that they are intrinsically programmed with their location-specific function and retain characteristics of their site of origin in culture (Middendorp et al., 2014). Consequently, differential expression of genes reported as site-specific (GATA4, ABST, OSTB) (Middendorp et al., 2014) as well as of sodium-proton exchanger (NHE)3 and epithelial sodium channel (ENaC), involved in epithelial transport processes in the small and large intestine, respectively, could be detected in human organoids derived from different intestinal segments (Figure 1A). The ratio of NHE3 and ABST mRNA expression in duodenal- versus ileal-derived organoids reflected the ratio seen in the primary tissues used for crypt isolation, underlining the physiological relevance (Supplementary Figure 1A). In line, mRNA expression of the enterocyte marker intestinal alkaline phosphatase (ALPI) as well as the main apical glucose transporter sodium-glucose co-transporter (SGLT) 1, glucose transporter (GLUT) 2 mediating glucose and fructose fluxes at the basolateral membrane via facilitated diffusion, the apical fructose transporter GLUT5, and peptide transporter 1 (PEPT1) were observed in human organoids derived from the different regions (duodenum, jejunum, ileum) of the small intestine (Supplementary Figure 1B). SGLT1 and PEPT1 expression could also be detected in human colonic organoids (Supplementary Figure 1B) and chromogranin A (CHGA), a marker for enterodendocrine cells (EEC), was expressed in all intestinal segments investigated (Supplementary Figure 1B). Mature, differentiated enterocytes are a prerequisite to study transport processes, downstream signaling and metabolic responses. However, intestinal organoid culture media, including commercial ready-to-use media optimized for permanent propagation of human organoids contain Wnt factors and certain inhibitors that retain epithelial cells in an undifferentiated, stem cell-like state (Lindeboom et al., 2018). Accordingly, mRNA levels of the investigated genes significantly dropped after the first passage of organoids (Figures 1B–D). During extended culture (passages 4 to 8), expression remained stable at low levels (Supplementary Figure 1C). In particular, mRNA expression of GCG, encoding i.a. the incretin hormone glucagon-like peptide 1 (GLP-1) in EECs was rapidly lost. While completely undetectable in small intestinal organoids sampled after the second passage, expression levels were significantly diminished in colon-derived organoids (Figure 1E). Organoid differentiation can be steered into generation of distinct intestinal epithelial cell (IEC) subtypes like EECs (Petersen et al., 2015) or microfold (M) cells (de Lau et al., 2012) by addition of certain modulators like γ-secretase inhibitor or RANKL. Vice versa, withdrawal of compounds like Wnt3a or R-Spondin1 leads to general differentiation processes toward the enterocyte linage (Foulke-Abel et al., 2016; Lindeboom et al., 2018). In line, changing the growth medium of organoids from a commercially available medium suitable for long-term culture of human organoids (human IC (hIC), that contains non-available concentrations of growth factors and inhibitors) to the standard medium used for murine small intestinal organoid culture (crypt culture medium, CCM) containing epidermal growth factor (EGF), Noggin1, and R-Spondin1 but no Wnt factors, induced expression levels of ALPI, SGLT1, GLUT2, GLUT5, PEPT1, CHGA and SPINK1 (Figure 1F). SPINK1 possesses structural similarities to EGF, and is associated with inflammatory states and various cancers, such as chronic pancreatitis (Hasan et al., 2018), inflammatory bowel disease and colon cancer (Ida et al., 2015). Western blot analysis of SGLT1 and PEPT1 protein expression confirmed the induction observed on mRNA levels (Figure 1G). A similar approach in murine small intestinal organoids, comparing CCM and murine IC (mIC) medium, yielded consistent results (Supplementary Figure 1D), highlighting the importance of appropriate culture conditions for functional readouts like transport assays or incretin hormone secretion in intestinal organoid cultures.
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FIGURE 1. Culture conditions impact intestinal organoid cell composition and expression of nutrient transporters. (A) mRNA expression analyses of human organoids derived from different intestinal segments; site-specific genes are depicted (passage p0) (B) Schematic representation of the organoid culture from which samples were derived for analyses. (C,D) mRNA expression analyses of duodenal human organoids from passages p0 and p2. (E) mRNA expression levels of GCG in human organoids derived from different intestinal segments from passages p0 and p2. (C–E) Target gene expression normalized to HPRT. (F) Upper panel: schematic representation of the experimental setup from which samples were derived for mRNA expression analysis; lower panel: relative gene expression of CCM-cultured human duodenal organoids as fold of organoids cultured in Wnt-containing hIC medium. HPRT was used as housekeeper. Bars represent mean + SEM. (G) Protein expression of SGLT1 and PEPT1 in human organoids cultured in hIC and CCM medium for 5 days, respectively. β-ACTIN serves as loading control. (A,F) unpaired t tests (n = 5–6). (C–E) paired t tests (n = 5–6). Asterisks indicate significant differences *P < 0.05, **P < 0.01, ***P < 0.001; N.D. = Non-detectable; n.s. = non-significant; hIC = human IntestiCult medium, CCM = crypt culture medium.




Nutrient and Drug Transport in Human Intestinal Organoids

Simple sugars can be taken up by enterocytes via passive or active transport – and exit the enterocyte likewise. The mechanism of intestinal sugar absorption is still not fully understood, given that a variety of transporters of the sodium glucose co-transporter (SGLT) family and the family of facilitative glucose transporters (GLUT) with partly unknown specificities is involved (Thorens and Mueckler, 2010). Genetic variants of transporters contributing to intestinal sugar transport are associated with human diseases, such as glucose-galactose malabsorption and Fanconi-Bickel syndrome caused by mutations in SGLT1 (SLC5A1) and GLUT2 (SLC2A2), respectively (Martin et al., 1996; Santer et al., 1997). Particularly, fructose uptake gained increasing attention, as fructose consumption is rising over the last decades and is associated with developing cardiovascular diseases and type 2 diabetes (Johnson et al., 2007). Furthermore, the molecular basis of fructose malabsorption still remains elusive, but defective absorption is most likely. Hence, intestinal organoids which can be directly derived from patients and allow to picture the complex interaction of transporters might considerably advance science in this field.

Previously, we established a straightforward approach to assess nutrient and drug transport in murine intestinal organoids (Zietek et al., 2015). By using fluorescently (FITC) labeled dextrans, we were able to show that molecules of a size of 4 kDa rapidly reach the luminal compartment of murine organoids. Hence, radiolabeled substrates were simply added to the culture plates, keeping the organoids in their 3-dimensional environment (a dome of laminin-rich gel) (Zietek et al., 2015). As species-specific differences might result in misleading outcomes (Youhanna and Lauschke, 2020), we validated experimental procedures for human intestinal organoids, allowing for tackling human-specific research questions. After confirming translocation of 4 kDa FITC-dextrans also into the lumen of human organoids (Supplementary Figure 2A), we applied the experimental procedures established in murine intestinal organoids (Supplementary Figure 2B) to human organoids. First investigating uptake of glucose and fructose, we used different inhibitors for functional characterization of monosaccharide transport, the SGLT1 inhibitor phloridzin, the GLUT inhibitor phloretin and rubusoside, inhibiting fructose transport by GLUT5 (Figure 2A).
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FIGURE 2. Nutrient and drug transport in human intestinal organoids. (A) Schematic illustration of the transporters investigated and inhibitors used. (B) Uptake of radiolabeled glucose in human organoids derived from different small intestinal segments. (C) Uptake of radiolabeled fructose in human duodenal organoids. (D) Schematic representation of the intact organoids- and “broken up” organoids approach for measuring transport activities. (E) Left: comparison of detected counts per sample for both approaches using the same amout of radiolabeled substrates and right: reduction of radiolabeled Gly-Sar uptake by the competitive inhibitor Gly-Gly depicted for both approaches. Reduction of uptake was not significantly altered comparing both approaches; One-way analysis of variance (ANOVA) followed by Tukey’s test. (F) Chemical structures and formulas of the peptidomimetics used. (G) Assessment of transport of peptidomimetics in a competition assay using radiolabeled Gly-Sar in murine small intestinal organoids derived from wild type and Pept1 knockout mice. (H) Similar approach to (G) using human duodenal organoids. (I) Reduction of radiolabeled Gly-Sar uptake using the antibiotic Cefadroxil as competitive inhibitor. (B,C) Unpaired t tests with Welch‘s correction. (E,I) Unpaired t tests. Bars represent mean + SEM. (G,H) One way ANOVA followed by Tukey’s test. For all experiments n = 5–6. Asterisks indicate significant differences *P < 0.05, **P < 0.01, ***P < 0.001.


Glucose is a substrate for both, apical and basolateral GLUT transporters, with the electrogenic solute carrier SGLT1 as the main apical glucose transporter in the small intestine. GLUT5 represents an exception, transporting exclusively fructose at the apical membrane. Opposing, the uniporter GLUT2 mediates glucose and fructose fluxes at the basolateral membrane via facilitated diffusion, providing import as well as export capacities (Thorens and Mueckler, 2010; Roder et al., 2014; Figure 2A). Due to the experimental setup, substrates first reach the outside, i.e., basolateral side of the organoids and only subsequently, after reaching the organoid lumen via the paracellular route or by simple diffusion, the apical side. Therefore, it is not possible to target apical or basolateral transporters separately, yet the use of inhibitors enables to illustrate contributions of certain transporters. Thus, using glucose as substrate in combination with either phloridzin or phloretin in human organoids derived from different regions of the small intestine, resulted in the expected pattern of blunted glucose uptake, which was more pronounced with the pan-GLUT inhibitor phloretin as compared to the SGLT1 inhibitor phloridzin (Figure 2B). In line, fructose transport could be diminished by phloretin, and to a lesser extent, by the GLUT5-inhibitor rubusoside (Figure 2C) as well as glucose (Supplementary Figure 2C) in human duodenal organoids.

Aiming at improving the experimental protocols, a second approach for investigating transport processes was established, using non-enzymatically dissociated (“broken up”) organoids instead of intact organoids (Figure 2D). In this case, human duodenal organoids were exposed to the radiolabeled dipeptide glycyl-sarcosin (Gly-Sar), a hydrolysis-resistant model substrate of the peptide transporter PEPT1. Peptide transport over the plasma membrane occurs in cotransport with protons and allows transport of di- and tripeptides against a substrate gradient[24]. Additionally, PEPT1 also facilitates absorption of drugs and prodrugs, including certain inhibitors of angiotensin−converting enzyme (ACE), protease inhibitors, antivirals and peptidomimetics such as aminocephalosporins (Ganapathy et al., 1995; Shu et al., 2001; Sugano et al., 2010; Kottra et al., 2013). Next to PEPT1-mediated substrate fluxes at the apical membrane, a not yet genetically identified system for basolateral peptide uptake with similar features to PEPT1 has been described (Berthelsen et al., 2013). Although radiolabeled transport assays are very sensitive, costs of labeled substrates are a major drawback. Hence, reducing the amount of substrates needed for experiments is desirable. Comparing intact organoids and “broken up” organoids exposed to the same concentrations of radiolabeled Gly-Sar, a 4-fold increase in signal intensity was observed. Competitively inhibiting Gly-Sar uptake by the dipeptide glycyl-glycine (Gly-Gly) demonstrated a significant reduction of Gly-Sar uptake in both approaches, with the extent of reduction not being different between intact and “broken up” organoids (Figure 2E). Consequently, using “broken up” organoids instead of intact organoids represents a possibility not only to reduce costs but also to target basolateral and apical transporters at the same time.

As mentioned before, peptide transporters also play a role in drug uptake, including peptidomimetics. Peptidomimetics are compounds mimicking a peptide or protein, which possess the ability to interact with a biological target to exert agonistic or antagonistic effects (Giannis and Kolter, 1993; Marshall and Ballante, 2017). Hence, they have a great potential in drug discovery, exerting drug-like properties (Rader et al., 2018a). For example, peptidomimetics have been designed for cancer therapy, e.g., to induce apoptosis (Walensky et al., 2004), sensitize cancer cells to chemotherapeutics (Greer et al., 2011), or specifically targeting integrins for interfering with angiogenesis and other aspects of tumor biology (Mas-Moruno et al., 2010; Nieberler et al., 2017). Primary goals in the development of orally available peptides are improving their intestinal transport and enhancing their stability to enzymatic degradation. Common strategies comprise the use of cyclic peptides, as well as D- instead of L-amino acids and N-methylation to increase metabolic stability (Rader et al., 2018a). For example, Cilengitide, a cyclic pentapeptide with one D-amino acid and one N-methylation is completely stable in humans and is excreted with a half-life of 4 h without any metabolization (Becker et al., 2015). Yet, intestinal permeation from the lumen into the bloodstream remains a major challenge. Structural changes affect intestinal and cellular permeability, and a change in one methyl position already can greatly impact permeability properties (Ovadia et al., 2011). Oral availability (crossing the gastrointestinal wall to reach the circulation) can be mediated via paracellular or transcellular mechanisms, including active transporters (Rader et al., 2018a). To date, it is not possible to predict the impact of certain chemical modifications on the transport/oral bioavailability of drug candidates (Rader et al., 2018b), therefore screening systems are required. Common tools to evaluate permeability properties of peptide drugs include Caco-2 monolayers and the side-by-side diffusion chamber (Ussing chamber), however, both systems are poorly correlative (Jezyk et al., 1999; Bermejo et al., 2004; Ovadia et al., 2011) and face major disadvantages. Caco-2 cells, even though known to possess a rather small intestinal phenotype (Yee, 1997), were originally derived from a colon carcinoma, and phenotypic as well as functional characteristics highly differ from native human enterocytes (Harwood et al., 2016). For example, Caco-2 cells exhibit tighter junctions compared to the small intestine of human (Matsson et al., 2005) and were found not to be appropriate for evaluating active, carrier-mediated peptide drug absorption (Jezyk et al., 1999). In contrast, Ussing chamber approaches, mainly using excised rat tissue better reflect physiology but suffer from potential species differences and large numbers of animals needed for screening. Hence, we tested the applicability of intestinal organoids as a new tool to evaluate the absorption properties of peptidomimetics. Three different cyclic hexapeptides (P1, P2, P3) (Figure 2F) were tested that were originally developed via a stepwise library approach: First a library of more than 55 different N-methylated alanine peptides of the general structure cyclo(D-Ala-L-Ala5) were synthesized and investigated in a Caco-2 assay (Ovadia et al., 2011). Peptides identified as highly permeable (including P3) were subsequently functionalized by substitution of neutral Ala residues with the integrin-binding tripeptide sequence RGD. Among them, one compound (P2), has been identified with similar high activity and selectivity as Cilengitide (sub-nanomolar affinity for integrin αvβ3, high selectivity against other integrins) (Weinmuller et al., 2017). However, P2 lacked permeability due to charges in the cyclic N-methylated alanine-peptides. To overcome this limitation, charged residues were protected with lipophilic protecting moieties (two hexyloxycarbonyl (Hoc) groups and conversion of the carboxylic side chain of Asp into a neutrally charged methyl ester). The resulting compound P1 showed both, permeability in the Caco-2 assay and biological activity after oral administration in mice (Weinmuller et al., 2017). To test the involvement of active peptide transporter-mediated uptake in the permeability properties of P1-P3, we evaluated the ability of the three cyclic hexapeptides to competitively inhibit the uptake of radiolabeled Gly-Sar in murine small intestinal organoids derived from wild type and Pept1-deficient mice. In this assay, we identified P1 as a potential substrate for active transport mediated by Pept1, P2 to be actively transported independently of Pept1, and in contrast, P3 showed no signs of peptide transporter-mediated uptake in murine organoids (Figure 2G). Subsequently testing P1 and P3 in human duodenal organoids, both peptides were able to significantly reduce radiolabeled Gly-Sar uptake, indicating P1 and P3 to be substrates for peptide transporter-mediated uptake in humans (Figure 2H). These data highlight the suitability of intestinal organoids to screen for transporter-mediated uptake of drug candidates, a process that might have been underappreciated in Caco-2 assays due to lack of physiological transporter expression, but contributes to oral availability. Additionally, efflux processes that limit drug absorption might be evaluated in detail in organoid systems (Schumacher-Klinger et al., 2018). Concomitantly, these data point toward potential species-specific transport phenotypes as already described for PEPT1 (Kottra et al., 2013). Accordingly, we could also confirm transport of the peptide-like β-lactam antibiotic cefadroxil, that has been previously described as PEPT1 substrate (Ganapathy et al., 1995; Zietek et al., 2015), in human duodenal organoids (Figure 2I).

In conclusion, these results underline the superior properties of human intestinal organoids for studying nutrient and drug uptake. Since organoids retain location-specific properties of their site of origin, absorption could even be determined at an intestinal region-specific resolution.



Visualization of Intestinal Peptide Transport Processes

It has been reported that fluorophore-conjugated dipeptides with a high-affinity for PEPT1 were able to block transport of Gly-Sar, however, they failed to be transported (Abe et al., 1999; Kottra et al., 2013). To exclude similar effects, either specific inhibitors can be applied (for example Lys-z-NO2-Val, a specific PEPT1-inhibitor) or downstream effects of transport processes can be investigated. Thus, we extended our previously established protocol for visualization of intracellular signaling by life-cell imaging of murine intestinal organoids (Zietek et al., 2015), to human organoids and drug transport-induced signaling events. As mentioned before, peptide transport over the plasma membrane occurs in cotransport with protons, leading to cytosolic acidification of enterocytes (Chen et al., 2010). Hence, intracellular changes immediately reflect transport activities and provide direct evidence for substrate fluxes. A drop in pH can be visualized by live-cell imaging using fluorescent probes (Chen et al., 2010; Zietek et al., 2015). Employing the pH-indicator BCECF-AM, intracellular acidification was demonstrated in human duodenal organoids upon exposure to Gly-Sar, Gly-Gly as well as cefadroxil and the carbonyl cyanide m-chlorophenyl hydrazine (CCCP, an ionophore used as a positive control) (Figures 3A–D). Stimulating organoids with CCCP subsequent to administration of Gly-Sar, Gly-Gly, and cefadroxil caused an additional decline in intracellular pH, indicating the physiological range of observed responses (Supplementary Figure 3A). As expected, neither glucose nor fructose (used as negative controls) led to an intracellular acidification of enterocytes (Supplementary Figure 3B). Since live-cell imaging of calcium fluxes is routinely applied in pharmacological screenings to detect activation of receptors by a putative ligand/drug, and many transporter activities (e.g., PEPT1) (Wenzel et al., 2002) and intracellular translocation events (e.g., GLUT2) (Kellett et al., 2008) are regulated via intracellular calcium, we confirmed the applicability of the calcium-indicator Fura-2-AM in human organoids. In accordance to literature, robust signals were obtained upon ATP-mediated increases in intracellular calcium (Figure 3E). For both dyes, BCECF-AM and Fura-2-AM, excellent dye-loading efficiency was observed (Supplementary Figure 3C).
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FIGURE 3. Visualization of intestinal peptide transport processes. Intracellular acidification visualized by BCECF-AM induced by transport of peptide-transporter substrates (A) Gly-Sar and (B) Gly-Gly, (C) by the antibiotic Cefadroxil and (D) the protonophore CCCP. (E) Calcium responses to ATP stimulation visualized by Fura-2. Intracellular acidification induced by the antibiotic Cefadroxil. (F) Schematic illustration of the transporters investigated and inhibitors used. (G) Course of intracellular acidification induced by Gly-Sar exposure for an extended time frame (left) with and (middle) without the NHE-inhibitor Amilorid; right: overlay of both curves giving relative BCECF ratios. (H) Similar approach to (G) using the NHE3-inhibitor S1611. (A–E) human duodenal organoids, (G,H) murine small intestinal organoids. For data analysis, whole organoids were selected and no background correction was applied. Analyses were performed on several organoids derived from independent cultures and representative measurements are shown.


For continuous peptide uptake, IECs need to maintain the transmembrane ionic gradients and furthermore, augmented or prolonged acidification of the cell by proton symport of peptide transporters has to be avoided. Hence, protons are exported in exchange with Na+ by sodium−proton exchangers (NHEs) (Figure 3F, Supplementary Figure 1A). In enterocytes, several types of NHEs are expressed, and NHE3 specifically has been shown to be required for proper PEPT1-mediated transport (Chen et al., 2010). Importantly, NHE-function is targeted by both, clinically relevant drugs as well as bacterial toxins. The distinct role of NHE3 in Na+ absorption during normal digestion and in acute and chronic diarrheal diseases has been explored in human enteroids by Foulke-Abel et al. (2016), underlining the possibility to identify drug targets in this system. To illustrate the function of NHEs in general and NHE3 in particular in the context of active peptide transport in organoids, we used two different inhibitors: Amiloride, an FDA-approved inhibitor of NHEs, and S1611, which predominantly acts on NHE3 (Wiemann et al., 1999). As expected, both inhibitors prevented the recovery of intracellular pH to basal levels as observed in non-treated murine organoids following exposure to Gly-Sar (Figures 3G,H left). In accordance to their specific inhibitory spectrum, amiloride led to a continuous influx of protons in the observed time span (Figure 3G), while S1611 treatment resulted in a stable intracellular pH level below base line (Figure 3H). To decipher biology and functional characteristics of intestinal transporters it is very important not only to quantify transport of substrates, but also to take intracellular downstream effects and signaling into account, as presented above. These data highlight the high-resolution measurements possible in intestinal organoids.



Metabolite Analysis in Intestinal Organoids

Metabolism in IECs has gained increasing attention, not only due to the expression of key drug metabolizing enzymes, including cytochrome P450 3A4 (CYP3A4), in small intestinal epithelial cells, that are prone to diet-drug interactions (Lown et al., 1997). IEC and whole body metabolism are tightly interrelated via production of incretine hormones (Zietek and Rath, 2016) and factors like Fgf15 (Kliewer and Mangelsdorf, 2015) by enteroendocrine cells and enterocytes, respectively, and vice versa, IECs are targets of remote-tissue metabolic signals such as insulin and leptin signaling (Yilmaz et al., 2012; Le Drean and Segain, 2014). In the gastrointestinal tract, carbohydrates, peptides and lipids are broken down and absorbed by enterocytes. Subsequently, they serve as substrates for cellular energy generation or for interconversions and distribution to the whole organism via transfer into the circulation. Hence, IEC metabolism also profoundly impacts availability and quality of nutrients, constituting an initial check point between diet and host. In this context, the intestinal microbiota plays an additional key role, as a source of bacterial metabolites such as short chain fatty acids (SCFAs) including butyrate. IEC metabolism and exposure to certain nutrients furthermore relates to diseases, for example high-fat diets were shown to enhance tumorigenicity of intestinal progenitors (Beyaz et al., 2016) and SCFAs and lactate promote intestinal healing processes (Lee et al., 2018; Parada Venegas et al., 2019). Despite the fact that general metabolic functions of enterocytes are understood, many open questions remain, including whether the small intestine can act as a site for gluconeogenesis, which seems to be species-dependent (Sinha et al., 2017; Potts et al., 2018; Varga et al., 2019) or how carbohydrate and lipid absorption and metabolism interact. Metabolomic approaches are key technologies allowing to tackle such questions by enabling analysis of metabolic events in a large scale and high throughput manner.

To test the feasibility of metabolic measurements in intestinal organoids, we applied different experimental schemes to replicate/validate effects described in literature. First, we determined the effect of insulin on amino acid (AA) and acylcarnitine levels in small intestinal organoids. Murine intestinal organoids were deprived of insulin-containing N2 medium supplement (yet, the B27 supplement contains residual insulin in a n/a concentration) over night, stimulated with 1 μM insulin and AAs and acylcarnitines were measured after 0, 30, 60, and 120 min (Figure 4A). All proteinogenic amino acids could be detected in small intestinal organoids at concentration ranges given in Figure 4B. Insulin is known to promote anabolism, affecting both, processes of protein synthesis and proteolysis. Enterocytes respond to insulin signals and develop insulin resistance under conditions of obesity-related inflammation (Monteiro-Sepulveda et al., 2015), and in particular, it was demonstrated that insulin deprivation reduces small intestinal protein biosynthesis, an effect that could be rescued by insulin treatment (Charlton et al., 2000). In line, concentrations of valine and alanine responded fast to insulin stimulation showing maximal reduction 30 min after addition of insulin (Figure 4C), consistently with most other AAs (data not shown), indicating a shift in protein turnover toward an enhanced net incorporation of AAs in proteins. In parallel, tau-methylhistidine, a marker compound for proteolysis and propionylcarnitine (C3), a typical intermediate in the breakdown of valine, isoleucine, methionine and threonine were diminished with lowest levels observed 60 min after insulin stimulation (Figure 4D), confirming also the inhibitory effect of insulin on proteolysis in intestinal organoids.
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FIGURE 4. Metabolite analysis in intestinal organoids. (A) Schematic representation of the experimental setup from which samples were derived for analyses shown in panel (B,C). (B) Range of amino acid (AA) concentrations detected in organoids. (C) Concentration of valine and alanine at different time points after insulin stimulation. (D) Concentration of tau-methylhistidine, a marker compound for proteolysis, and propionylcarnitine (C3), a typical intermediate in the breakdown of valine, at different time points after insulin stimulation. (E) Schematic representation of the experimental setup from which samples were derived for analyses shown in panel (F). (F) Concentration of the acylcarnitine species Acetylcarnitine (C2), Butyrylcarnitine (C4), and Palmitoylcarnitine (C16) at different time points after addition of butyrate. (G) Proposed mode of action for the effect of butyrate on beta-oxidation. (H) Schematic representation of the experimental setup from which samples were derived for analyses shown in panel (I). (I) Appearance of deuterium-labeled acylcarnitines at different time points after addition of deuterium-labeled d31-palmitate. (J) Schematic illustration of carnitine acyltransferases involved in the generation of the acylcarnitine species detected. (B,C,F,I) Representative results from three independent organoid cultures. ASCL, long-chain acyl-CoA synthetase; CPT, carnitine palmitoyltransferase; CAT, carnitine acetyltransferase; CACT, carnitine-acylcarnitine translocase.


Next, we depict the effect of butyrate on acylcarnitine profiles in murine large intestinal organoids. In this approach, 1mM butyrate was added and shifts in acylcarnitines were measured 0, 5, 10, 30, and 60 min afterward (Figure 4E). Butyrate has been shown to broadly affect colonocyte metabolism, including glucose utilization (Donohoe et al., 2012) and fat oxidation (den Besten et al., 2015), in turn regulating cell cycle progression and proliferation (Donohoe et al., 2012). In accordance to literature, a clear effect of butyrate on saturated acylcarnitines, comprising short-, medium- and long-chain acylcarnitines was observed, with acetylcarnitine, butyrylcarnitine and palmitoylcarnitine increasing to maximal concentrations 60 min after butyrate addition (Figure 4F). A proposed mechanism explaining the effect of butyrate involves the butyrate transporter SLC5A8 and the butyrate receptor GPR109A expressed by coloncytes (Cresci et al., 2010), mediating activation of PPARγ signaling, in turn increasing expression of carnitine palmitoyl-CoA transferase (CPT1) and carnitine-acylcarnitine translocase (SLC25A20/CACT) to enhance mitochondrial beta-oxidation (Vanhoutvin et al., 2009; den Besten et al., 2015; Figure 4G).

Last but not least, we followed the breakdown of d31-labeled palmitic acid, in which all 31 hydrogen atoms are replaced by deuterium atoms, in small intestinal organoids. Stable isotope labeling enables following the fate of the labeled fatty acid within the enterocyte, being either subjected to chain-shortening during beta-oxidation and conversion to the respective acylcarnitine species for energy generation, or being reesterified, and incorporated into chylomicrons for systemic supply. Importantly, sensing dietary fat via fatty acid oxidation in enterocytes has been implicated in the control of eating (Langhans et al., 2011), and modulation of enterocyte metabolism might affect whole body glucose homeostasis and the development of diet-induced obesity (Schober et al., 2013; Ramachandran et al., 2018). Prior to addition of d31-labeled palmitic acid, murine small intestinal organoids were incubated with CCM prepared with low-glucose DMEM/F12 for 24 h. Low-glucose DMEM/F12 contains 1g/L glucose, corresponding to 5.5 mM glucose, which is within the physiological range. Appearance of deuterium-labeled acylcarnitines were determined 0, 10, 30, and 60 min after addition of d31-palmitic acid (Figure 4H). Indicating beta-oxidation, we could detect chain-shortened, deuterium-labeled acylcarnitine species (Figure 4I). The conversion of the long-chain fatty acids to their acylcarnitine species is known to be mediated by carnitine palmitoyltransferase 1 and 2 (CPT1 and CPT2), while short-chain acylcarnitine species are formed by carnitine acetyltransferase (CAT) (Figure 4J). Carnitine octanoyltransferase (COT) located in peroxisomes is responsible for the conversion of medium-chain fatty acids (Violante et al., 2013). Contrarily, CPT1 is located in the outer mitochondrial membrane and thus may convert the added d31-palmitic acid directly to d31-palmitoylcarnitine (Bonnefont et al., 2004). In line, immediately after addition of d31-palmitic acid (t = 0), a peak of d31-palmitoylcarnitine (d31-C16:0) was detected, that increased in subsequent time points (Figure 4I). Shorter fatty acid intermediates are formed within the mitochondria and their respective acylcarnitine species are generated by CPT2 and CAT, located in the inner mitochondrial membrane. Consistent with the sequential removal of 2-carbon units during beta-oxidation, d27-myristoylcarnitine (d27-C14:0) and to a lesser extent d23-dodecanoylcarnitine (d23-C12:0) could already be seen after 10 min of incubation, whereas d19-decanoyl-, d15-octanoyl- and d11-hexanoylcarnitine appeared 30 min after addition of d31-palmitic acid. All of these intermediates showed increasing peaks for t = 60 (Figure 4I). Of note, the larger peaks of d11-C6, as compared to d19-C10 and d15-C8 after 30 and 60 min might be explained by a higher preference of CAT for short-chain fatty acid substrates (C2 to C6).

In summary, intestinal organoids are an excellent model system close to physiology to explore cellular metabolism and the applied metabolic readouts could be adapted easily to the 3D culture. Human organoids, constituting the most relevant model, are superior to animal (rodent)-derived organoids and (cancer) cell lines, especially in the context of metabolism and diseases, since metabolic properties differ between species and alterations in the cellular metabolism are part of many pathologies. Thus, human organoids hold great potential to answer remaining questions on intestinal metabolism and to identify drug targets to improve overall metabolic health.



CONCLUSION

Taken together, our results demonstrate that intestinal organoids cultured in 3D, embedded in a laminin-rich gel dome, the most basic and probably least cost and labor extensive culture protocol, is suitable for a broad range of measurements in the field of intestinal transport and metabolic studies. Beyond these applications, many other readouts are possible in this setup, for example assessment of proteasome activity (Supplementary Figure 2D), which is of interest in the context of proteasome inhibitors, an important class of drugs in the treatment of different types of cancer (Fricker, 2020).

Simple improvements and “tricks” like changing the medium composition to promote differentiation or to “break up” organoids prior to uptake studies help further enhancing results and reducing costs. Implementing other culture protocols like organoids with reversed polarity (in which the apical side faces outward) (Co et al., 2019) or organoids seeded in a 2D layer in transwell plates (VanDussen et al., 2015; Wang et al., 2019) are additional roads to go. Paracellular transport of fluorescein, transcellular transport of propranolol, and basolateral efflux of rhodamin123, a substrate of p-glycoprotein (MDR1) have been measured in a model in which human organoid-derived cells are seeded as a 2D monolayer on a porcine small intestinal scaffold (Schweinlin et al., 2016), complementing our animal-free approach focusing on active, transporter-mediated substrate uptake.

The field of applications for organoids is still rapidly growing, and there is a trend toward more complex and sophisticated organoid-based model systems. For example, co-cultures with bacterial and viral pathogens and immune cells (Yin et al., 2015; Dutta and Clevers, 2017), as well as approaches to reproduce the complex tissue environment comprising continuously flowing fluid systems, or to reflect multi-organ interactions (organoids on a chip), have been developed (Almeqdadi et al., 2019). These systems provide a microenvironment to study the impact of oxygenation, mechanical stress, and tissue communication via soluble factors and will further advance intestinal research. Yet, to date they remain very expensive tools in highly specialized laboratories not suitable for broad applications (Almeqdadi et al., 2019). In contrast, the intestinal organoid culture protocols and methods presented here represent in vitro models that already now allow for partly replacement and reduction of animal numbers needed for research and testing.

Although the methodologies that we have established are applicable to mouse and human organoids, the human organoid technology should be focused when targeting human-related issues. Drug development success rates are particularly low in widespread diseases such as diabetes (Ali et al., 2018) or cancer (Mak et al., 2014). Only 5 to 10 percent of drugs proven as safe and effective in preclinical animal studies make it to the market (Arrowsmith, 2012; Thomas et al., 2016). Species-specific differences and hence poor transferability from animal models to humans is the main reason for this high failure rate (Arrowsmith and Miller, 2013; Cook et al., 2014; Mullard, 2016).

In light of this, we provide innovative approaches for physiologically relevant in vitro testing in the field of intestinal research and metabolomics. In particular, the use of human organoids in this context is a highly valuable tool for drug discovery and testing as well as for human-relevant disease modeling.
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A successful clinical translation of novel nanoparticle-based cancer therapeutics requires a thorough preclinical investigation of their interaction with immune, tumor and endothelial cells as well as components of the tumor-microenvironment. Although high-resolution microscopy images of fixed tumor tissue specimens can provide valuable information in this regard, they are only static snapshots of a momentary event. Here we describe a superior alternative fluorescence microscopy approach to assess the feasibility of investigating nanoparticle-cell interactions in the mouse lung live and over time at nanometer resolution. We applied fluorescent lung tumor cells and Barium-based fluorescently labeled nanoparticles to nude mice or to CD68-EGFP transgenic mice for visualization of the monocyte-macrophage lineage. Shortly before imaging, fluorescently labeled lectin was intravenously injected for staining of the blood vessels. The lung was filled ex vivo with 1% agarose and individual lung lobes were imaged over time using a confocal microscope with Airyscan technology. Time series demonstrate that live cell imaging of lung lobes can be performed for at least 4 h post mortem. Time-lapse movies illustrate the dynamics of the nanoparticles within the pulmonary circulation and their uptake by immune cells. Moreover, the exchange of nanoparticle material between cancer cells was observed over time. Fluorescent monocytes in lungs of CD68-EGFP transgenic mice could be visualized within blood vessels in the process of interaction with tumor cells and nanoparticles. This high resolution ex vivo live cell imaging approach provides an excellent 4D tool to obtain valuable information on the behavior of tumor and immune cells at first encounter with nanoparticles and may contribute to the understanding of how nanoparticles interact with cells supporting the development of therapeutic strategies based on nanoparticulate drug delivery systems.

Keywords: nanoparticles, live cell imaging, fluorescence microscopy, cancer, experimental lung metastasis, phagocytosis, extracellular vesicles, cell dynamics


INTRODUCTION

Routinely used chemotherapy has a number of weaknesses, including poor pharmacokinetics, low specificity and off target effects, leading to substantial side-effects. Nanoparticle (NP)-based cancer therapeutics have therefore been increasingly explored, because NPs have a number of advantages compared to “naked” therapies: (i) improved drug solubility and stability, (ii) prolonged drug half-live in plasma, (iii) minimized off-target effects, (iv) improved accumulation of drugs at a target site due to the possibility of functionalization and (v) better controlled concentration of drugs by packaging in NPs. Furthermore, recent efforts allowed the incorporation of therapeutic agents into biocompatible NPs, therefore, reducing undesirable local or systemic effects (Li et al., 2012). Combining all these characteristics, some NPs have been successfully approved by the FDA or are currently being tested in clinical trials (Ventola, 2017). However, most NP-based cancer drugs have either not made it into the clinic or have failed to significantly improve patient outcome. This is most likely due to the inter-and intra-individual heterogeneity of tumors and to the complexity of tumor and immune response that has been underestimated. For instance, the Enhanced Permeability and Retention (EPR) effect, was widely believed to be a general and homogenous feature of most tumors, a phenomenon caused by leaky vessels by which nanodrugs would predominantly accumulate in the tumor. It has now been recognized that the EPR effect is greatly influenced by a number of parameters, including the tumor microenvironment, vessel density and permeability and stroma composition (Dasgupta et al., 2020).

A further deciding factor for the success of nanotherapies, in particular nanoparticulate immunotherapies, is the specific immune response induced by these (Khalil et al., 2016). As Blank et al. recently summarized, modulation of immune response progresses in different steps of the immune cell-antigen interaction, comprising antigen uptake, trafficking, processing and presentation to T cells. These steps require thorough analysis, also as part of pharmacologic and biocompatibility testing in the development process of novel NP-based cancer therapeutic strategies. The safe design of nanotherapies should therefore include the careful characterization of the interaction of NPs with immune cells, tumor cells, the microenvironment and endothelial cells (blood vessels) (Blank et al., 2017). Moreover, a thorough assessment of the targeted accumulation of nanoparticulate drugs at the desired site is crucial, as the EPR effect is not a reliable feature of all tumors.

To avoid side effects upon systemic delivery of therapies, local applications of nanoparticulate therapies have been already tested, for instance by intratumoral injection (Marabelle et al., 2014) or in the case of lung cancer by inhalation (Liu et al., 2019). A rapid uptake of NPs by pulmonary antigen-presenting cells (APCs) has been repeatedly demonstrated and the targeted delivery of immunostimulants to intratumoral APCs in the lung has recently been shown (Liu et al., 2019). Studies in vitro and in vivo further suggested both dendritic cells (DCs) and T cells as promising targets for pulmonary NP therapies (Nembrini et al., 2011; Blank et al., 2017; Jia et al., 2018). The lung thus seems to be an ideal organ for specific delivery of nanoparticulate drugs as the relevant immune cells can be directly targeted by inhalation and intravenous application also results in deposition in the lung. A particular close look should be taken at the interaction of NPs with the monocyte/macrophage lineage, which plays a key role in both innate adaptive immune response and is involved in all common pulmonary diseases, including allergic asthma, chronic obstructive pulmonary dysplasia (COPD) and lung cancer (Arora et al., 2017). Tumor associated macrophages (TAMs) not only play a key role in tumor therapy response (Cassetta and Kitamura, 2018; Rodell et al., 2018), but have also been successfully used as theranostic targets for the combined treatment and imaging of lung tumors (Markus et al., 2015; Cuccarese et al., 2017; Napp et al., 2018).

Imaging of the numerous processes and interactions of NPs with lung immune cells, microenvironment and/or tumor cells and the elimination of NPs from the lung has traditionally been done by histology and immunohistochemistry. While these microscopic methods provide cellular nanoscale resolution, they are only static snapshots of momentary events and cannot provide the same information as live cell imaging. Other live cell or in vivo technologies, such as near infrared fluorescence optical imaging, computed tomography (CT), magnetic resonance imaging (MRI), and positron emission tomography (PET) or ultrasound do not provide the resolution to image at the cellular or nanomaterial resolution.

Here we demonstrate an alternative technique for monitoring the live interaction of monocytes/macrophages and tumor cells with NPs in the lung. We show that ex vivo live cell confocal microscopy of entire mouse lung lobes provides an excellent 4D tool for imaging of several dynamic processes in tumor tissue, such as the traffic of cells, shedding of extracellular vesicles (EVs) and the accumulation of NPs in tumor tissue.



METHODS AND MATERIALS


Materials

Barium sulfate (BaSO4)-based nanoparticles (Ba-NPs) were produced by chemical precipitation at ambient conditions. After a purification step the particles were sterically stabilized using a biocompatible polymer. The so obtained highly stable colloidal suspension was sterilized and formulated for in vitro/in vivo use. The hydrodynamic diameter of the particles was around 120 nm. Fluorescent labeling of Ba-NPs was performed via EDC/NHS coupling chemistry of amino-functionalized Atto488 (Atto-Tec GmbH, Siegen) or Cy3 fluorescent dyes to COOH groups of the stabilizing polymer. Subsequently, the labeled particles were dialyzed against water in order to remove non-bounded dye. The Ba-NPs were tested in vitro and were found to be non-toxic and had no effect on the vitality of mammalian cells.

Lectin-Alexa647 (Alexa647 labeled Isolectin B4 from Bandeiraea simplicifolia) was a kind gift from Roche Pharma, Penzberg.



Cell Culture

A cell proliferation assay (MTT-assay) was performed using the MCF-7 in order to assess the cytotoxicity of the Ba-NPs. The experiments (n = 5 per test series) were conducted at 4 h and 24 h incubation time and with a final Ba-NP concentration of 15–45 mg/ml. The results were compared against a positive (100% death cells) and negative control (100% vital cells). The same experiments were performed with A549 cells with a Ba-NPs concentration of 30 mg/mL and 24 h incubation time.

Human A549-mCherry lung tumor cells (a kind gift from Dr. Winkler, German Primate Centre, Germany) and murine LL/2-red fluorescence protein (RFP) (Lewis Lung) cancer cells (a kind gift from Prof. Augustin, Deutsches Krebsforschungszentrum, Heidelberg) were kept at 37°C and 5% CO2 atmosphere. A549-mCherry cells were grown in DMEM high glucose (Gibco) supplemented with 10% fetal calf serum (FCS) (Gibco). LL/2-RFP cells were grown in DMEM high glucose supplemented with 1% penicillin/streptomycin, 1% non-essential amino acids (Gibco) and 10% FCS. When indicated, 1 × 106 A549-mCherry cells were incubated with 13 mg/ml Ba-Atto488 NPs overnight, washed of excess NPs the next morning and run over a 40 μm cell strainer (Corning) before application to the mice.



Animal Experiments

All animal in-vivo procedures were performed in compliance with the guidelines of the European Directive (2010/63/EU) and the German ethical laws and were approved by the administration of Lower Saxony, Germany.

Pathogen-free male NMRI-Fox1nu/nu mice, 6–8 weeks of age were purchased from Charles River Laboratories Inc. C57BL/6-Tg(CD68-EGFP)1Drg/J were originally purchased from The Jackson Laboratory and then bred in house. All animals were housed in a controlled environment with a regular 12 h dark:light cycle, at 22°C and were fed laboratory chow and tap water ad libitum.

Healthy mice were injected intravenously (i.v.) either with 1 × 106 LL/2-RFP cells or 1 × 106 Ba-Atto488-NP-loaded A549-mCherry cells or with 6 mg Ba-Cy3 NPs, 5 min before sacrifice.

Experimental lung metastases were obtained by i.v. injection of 1 × 106 A549-mCherry cells into male NMRI-Fox1nu/nu mice. The development of lung metastasis was assessed by microCT (Quantum FX, Perkin Elmer) every other week. Once lung metastasis were visible (about 8 weeks after induction), 6 mg Ba-Atto488 NPs were injected i.v. 5 min before sacrifice.

All mice were i.v. injected with 100 μg Lectin-Alexa647 shortly before sacrifice.



Preparation of Lungs for Live Cell Imaging

The lungs were prepared as described previously with some modifications (van den Bijgaart et al., 2016). Briefly, mice were sacrificed by isoflurane overdose and cervical dislocation and the trachea exposed. Following a small incision at the top of the trachea, a blunt cannula (20G, the tips cut-off) was inserted max. 1 cm into the trachea and fixed with common cotton thread. The lungs were immediately filled with 600 μl of 37°C warm 1% agarose (BioFroxx) in DMEM w/o phenol red (Gibco 31053-028). The agarose filled lungs were tied with a cotton thread at the trachea underneath the inserted cannula to prevent leaking of the agarose before setting and were then dissected from the mouse. Individual lung lobes were then placed on uncoated ibidi 35 mm cell culture dishes (ibidi GmbH) with the flat side down, covered entirely with warm 1% agarose-DMEM and imaged by confocal microscopy as soon as the agarose was set.



Confocal Microscopy

A Zeiss LSM880 confocal laser scanning microscope (CLSM, Carl Zeiss Microscopy GmbH) was used, equipped with an Airyscan detection unit and GaAsP-PMT/Spectral detectors, a 20 × air objective lens (Plan-APOCHROMAT, NA: 0.45, air, DIC), a motorized stage, incubator for live cell conditions and a tuneable laser (470–670 nm). mCherry and Red Fluorescence Protein (RFP) were excited at 561 nm, Ba-Atto488 NPs and CD68-EGFP were excited at 488 nm and Lectin-Alexa647 was excited at 633 nm. The experiments were performed under live cell environmental conditions (37°C/5% CO2) and the whole equipment was turned on the evening before imaging to minimize tissue movement due to temperature changes.



Light Sheet Microscopy

Following confocal microscopy the same lung lobes were fixed in 4% paraformaldehyde (PFA) overnight and then cleared using the ethyl-3-phenylprop-2-enoate (ethyl cinnamate, ECi) protocol described before (Klingberg et al., 2017). Images were acquired with an UltraMicroscope II (LaVision BioTec) with an Olympus MVX10 Zoom Microscope Body (Olympus,), a white light laser module, an Andor Neo sCMOS camera, and detection optics with an optical magnification range from 1.26 × to 12.6 × and an NA of 0.6 were used. The following filter settings were used for excitation/emission of: EGFP 520 ± 40/585 ± 40 nm; mCherry 560 ± 40/620 ± 60 nm and LectinA647 630 ± 30/680 ± 30 nm. Z-step size was set to 20 μm and a 2 × optical zoom factor was used. Stitched 3D mosaics were composed of 8 tiles of 215 Z-stacks in a total range of 4,280 μm.



Histology

Following light sheet microscopy the same lung lobe was paraffin embedded and 2 μm sections were cut using a Leica EG 1150C Microtome. Deparaffinized sections were stained with Haemotoxylin and Eosin (H&E) and imaged using an Axiovert 200 M inverted microscope (Carl Zeiss Microscopy GmbH).



Image Analysis

All images, including volumetric 3D images of microscopy z-stacks, were processed and analyzed with the software Imaris 9.1.2 (Bitplane), Imaris Stitcher, FIJI (an image-processing package based on ImageJ) and Graph Pad Prism 7.05 (Graph Pad Software, Inc.). Maximum 3D projections of z-stacks are presented. Videos were produced from time series using Imaris 9.1.2.




RESULTS AND DISCUSSION


Set-Up of ex vivo Live Cell Imaging of the Mouse Lung

To demonstrate the feasibility of ex vivo live cell imaging we chose three biological scenarios in the mouse lung:

(i) To evaluate the immediate interaction of NPs and tumor cells with the immune cells and the surrounding lung tissue we either i.v. injected LL/2-RFP cells (Bertram and Janik, 1980) or fluorescently labeled Ba-NPs (Ba-Atto488 or Ba-Cy3) in CD68-EGFP or Nu/Nu mice.

(ii) To evaluate the inter-cellular behavior of tumor cells, we incubated A549-mCherry cells with Ba-Atto488 NPs overnight and injected them i.v. into Nu/Nu mice.

(iii) To visualize the tumor cell dynamics in the tumor mass and the interactions of NPs with tumor tissue we used the model of experimental lung metastasis.

The use of the fluorescent protein-expressing-cancer cells (A549-mCherry and LL/2-RFP), transgenic fluorescent protein expressing animals (CD68-EGFP), and fluorescent tags (Lectin-A647 and Ba-NPs) enabled the easy discrimination of tumor cells, tumor masses, blood vessels and NPs and their specific interactions (Hoffman, 2009). The human tumor cell line A549 is commonly used for experimental metastasis and produced solid nodules in the lungs of Nu/Nu mice after i.v. application, as previously described (Liu et al., 2012).

As an illustrative example for NPs we chose Ba-based NPs of about 120 nm in size that are non-toxic. Cell proliferation tests (MTT assay) at 4 h incubation showed no cytotoxic effects over the tested concentration range while incubation at 24 h time showed a concentration dependent trend, but still no relevant cytotoxic effects (cell vitality > 80 %) (Supplementary Figure 1). MTT assay with A549 cells at 24 h incubation time showed identical results (data not shown). Ba-NPs were either labeled with Atto488 or Cy3 fluorescent dyes that resulted in a detectable resolution range due to their formation of small agglomerates. Furthermore, they were efficiently taken up by macrophage/monocytes and tumor cells in vitro (data not shown).

Blood vessels were stained in vivo with the widely used protein Lectin, which is known to bind to glycoproteins located in the glycocalyx and in the basal membrane of endothelial cells. The visualization of the blood vessels provided a good “counterstain” of the lung tissue structure and excellent means to monitor the stability of the tissue over the time measurements.

We chose to sacrifice the animals shortly after injection of NPs because we were interested in visualizing the immediate reaction of tumor and immune cells to NPs in the lung. The filling of the lungs with agarose following the sacrifice of the mice prevented the collapse of the lungs and maintained the structural integrity of the lung. Environmental control settings during the image acquisition process provided physiological conditions to maximize the length of cell viability within the explanted lung. The total process from i.v. injection of NPs or tumor cells to acquisition of the first image took on average 40–60 min.

Combined, this ex vivo imaging approach allowed us to assess several live cell processes in the lung tissue at cellular resolution and up to a time period of at least 4 h. These findings are in accordance with results previously described by van den Bijgaart et al. (2016). While they showed the suitability of the technique to monitor the activity of metastatic and immune cells over a similar time period, we were able to additionally demonstrate the interaction with NPs and shedding of extracellular vesicles (EVs) at a substantially improved resolution. Most importantly, we were able to demonstrate cell dynamics and motility at quantifiable numbers by assuring minimal tissue movement during acquisition.

Live cell imaging of the mouse lung has been attempted before by intravital lung imaging using intercostal windows, however this is a very complicated technique and stressful for the animal (Headley et al., 2016). Other imaging approaches such as endoscopy or fluorescence reflectance imaging provide significantly lower resolution. The ex vivo live cell imaging method presented here also requires no ex vivo staining procedures if fluorescently labeled nanoparticles and fluorescently tagged cell lines are used for the induction of tumors. The approach described here thus provides a powerful 4D tool for monitoring nanoparticle-cell and cell-cell interactions.

In the following we present several scenarios where this technique has proven to be useful for ex vivo live cell imaging of the lung.



Reaction of Macrophages and Monocytes Toward Tumor Cells

The i.v. injection of tumor cells is a common method to mimic circulating tumor cells (CTCs) which can be generated by primary tumors and can lead to metastasis. From the circulation, the cells reach the lung within minutes. We therefore i.v. injected LL/2-RFP cells into CD68-EGFP transgenic mice to examine the behavior of tumor cells at the immediate contact with immune cells.

In the first hour of acquisition we could observe the recruitment of macrophages/monocytes to the tumor cell-rich regions and their surveillance (Figure 1). Supplementary Movie 1A, which includes the Lectin-A647 stained blood vessel imaging, shows minimal movement of the lung tissue and high focus stability over a period of 3 h 20 min. Moreover, Supplementary Movie 1B shows that the interaction of monocytes and macrophages with the tumor cells is a very immediate process, where within 5 min frame intervals we observed immune cells which directly contacted the tumor cells and appeared and disappeared from the video frame. Furthermore, Supplementary Movie 1B illustrates that tumor cells produce extensive extracellular vesicles (EVs), which are partly captured by CD68-positive cells (white arrow). Blebbing of cells was also observed at about 2 h of acquisition, suggesting apoptotic processes of tumor cells around 3 h after their arrival in the lung tissue. Moreover, the phagocytosis of tumor cells by macrophages/monocytes is seen in Supplementary Movie 1B (yellow arrow).


[image: Figure 1]
FIGURE 1. Monocyte recruitment and surveillance of tumor cells within the lung. Representative confocal images of a lung lobe from a CD68-EGFP mouse (macrophages and monocytes green), showing the macrophages/monocytes distribution in the lung parenchyma/vessels visualized by staining of blood vessels with Lectin-A647 (red) in close proximity to LL/2-RFP tumor cells (yellow). Tumor cells and Lectin-A647 were applied shortly before sacrifice. Images show the overlay (merged) of Lectin-A647 (red), CD68-EGFP cells (green), and LL/2-RFP cells (yellow). Scale bar represents 50 μm.


The dynamic movement of monocytes/macrophages and tumor cells were tracked over time in lungs of CD68-EGFP mice which received an i.v. injection of LL/2-RFP tumor cells as shown in Figure 2A and Supplementary Movie 2. The displacement dynamics of both cell types were recorded over 87 min (Figure 2B) and were quantified in Figure 2C.


[image: Figure 2]
FIGURE 2. Tracking of cell dynamics. Confocal images of a lung lobe from a CD68-EGFP mouse (macrophages and monocytes green), injected with Lectin-A647 (red), and LL/2-RFP cells (yellow) i.v. 5 min before sacrifice. (A) Representative frames of a time series over 3 h at an interval of 300 s showing the trajectories of LL/2-RFP cells within blood vessels. (B) Two representative examples of how individual cells can be tracked over time. Arrow length represents the distance of displacement of individual cells over time. (C) Exemplary measurement of the 2D displacement dynamic of 4 LL/2-RFP cells. Scale bars represent 70 μm.


No other cell is more appropriate than the macrophage to show the need that cells have to be examined in their natural setting. Only recently, Hussel and Bell stressed in a review that alveolar macrophages exist in a unique microenvironment of the airway lumen which can have a considerable influence on many aspects of their phenotype, function and turnover (Hussell and Bell, 2014). There is for instance little understanding of the extent to which alveolar macrophages interact with the epithelium, blood vessels or with one another in their response to pathogens, allergens, or environmental challenges. Additionally, different macrophage lineages, for example tissue-resident and monocyte-derived macrophages, may respond differently to cytokines and other signals received from tumor cells (Ham et al., 2020).

However, our knowledge on TAMs, monocytes and the interaction of these with tumor cells, microenvironment mainly comes from in vitro and histological examinations, leaving a large information gap on how these cell lineages behave in vivo. Recently, Headley et al. used intravital microscopy using an intercostal window to describe the reaction of macrophages to freshly arrived CTCs in the lung tissue (Headley et al., 2016). Their results show the dynamic generation of tumor microparticles by the CTCs in capillaries and the loading of such material onto cells of the myeloid lineage. Our ex vivo live cell imaging approach confirms such findings using a much simpler technique and demonstrates the feasibility to shed some light on some of the processes involving the monocyte/macrophage lineage and the behavior of CTCs.



Reaction of Macrophages and Monocytes Toward Nanoparticles

TAMs and monocytes are also important for the specific accumulation of NPs, which are increasingly explored for therapeutic drug delivery in oncology (Cuccarese et al., 2017). Nanomedicines can also be engineered to inhibit the recruitment, kill or re-educate TAMs, and imaging TAMs with NPs can support diagnosis and prognosis of cancer (Andón et al., 2017).

Different to the behavior of immune cells toward tumor cells described above, the i.v. injection of NPs into healthy CD68- EGFP mice did not produce the same recruitment effect of blood monocytes and alveolar macrophages, since the NPs have a more homogenous dispersion throughout the lung tissue. Figure 3 and Supplementary Movie 3 are produced from lung lobes of CD68-EGFP mice that received an i.v. injection of Ba-Cy3 NPs. The images show that CD68 positive blood monocytes (green) which appear smaller than the also CD68-positive alveolar macrophages, are excellent phagocytes, internalizing the Ba-Cy3 NPs and possibly processing them (Figure 3B). Figure 3A and Supplementary Movie 3 also show how active the Ba-Cy3-NP-loaded monocytes move up and down the blood vessels, which can be tracked over time.


[image: Figure 3]
FIGURE 3. Uptake of NPs by monocytes and their tracking. Representative confocal images of a lung lobe from a CD68-EGFP mouse (macrophages and monocytes green). Lectin-A647 for visualization of blood vessels (red) and Ba-Cy3 NPs (yellow) were injected i.v. 5 min before sacrifice. (A) Representative frames of a time series over 4 h at an interval of 300 s showing the trajectory of individual monocytes. Scale bar represents 20 μm. (B) shows the co-localization of the Ba-Cy3 NPs with the CD68-EGFP positive monocytes within blood vessels. Images show the overlay (merged) of Lectin-A647 (red), CD68-EGFP cells (green), and Ba-Cy3 NPs (yellow). Scale bar represents 30 μm.


A limitation of the technique is the necessity to use agarose to fill the lung in order to prevent collapsing of the lung. This evidently implies a somewhat unphysiological environment in the bronchial and alveolar spaces and most certainly represents a barrier for alveolar macrophages and their mobility. Processes that occur in these spaces can therefore only be observed in limits. Especially the phagocytosis of NPs and tumor cells by alveolar macrophages are likely to be hampered. We have attempted to image ex vivo lungs which we filled with air via the trachea and immediately enclosed in 1% agarose on a microscopy chamber to mimic the outside pressure of the pleural space and rib cage and thus prevent loss of air. Visualization of live cells, including alveolar macrophages is still possible up to 1 h post preparation, but the instability of the lung then causes movement and consequently imaging artifacts (data not shown). The described technique using agarose to fill the lung is thus mostly suited for visualization of processes that occur within the blood and lymphatic vessels and interaction of NPs with blood residing immune cells as well as endothelial cells. However, some aspects such as the induction of cell apoptosis by drugs or the internalization of NPs by alveolar macrophages may well be studied by including the drugs or NPs in the agarose. We included Ba-Cy3 NPs in the agarose and could indeed detect the phagocytosis of NPs by macrophages (data not shown).

Another interesting finding was that Ba-based NPs injected i.v. into Nu/Nu mice were mostly detected in blood vessels, but some were also found moving in lectin-unstained vessels, suggestive of lymphatic channel drainage (Figure 4). For the use of NPs as drug delivery systems, the understanding of their clearance is very important. NPs can be transported to the lymph nodes through the lymphatic vessels where they could accumulate or also be transported back to the blood stream and end up in the liver or kidneys for elimination, depending on their size. NPs can also be designed to be favorably delivered to immune-rich organs such as lymph nodes or spleens (Reddy et al., 2007). In future, ex vivo live cell imaging may thus be used to test whether nanovaccines can be efficiently drained into the lymphatic system, enabling accumulation in lymph nodes which contain a high number of immune cells and which coordinate diverse immunomodulation events. This method may be also used to test the size dependency of NPs for lymphatic drainage of NPs. Reddy et al. reported for instance that after intradermal injection, interstitial flow transported 25 nm small nanoparticles highly efficiently into lymphatic capillaries and their draining lymph nodes, targeting half of the lymph node–residing dendritic cells, whereas 100 nm NPs were only 10% as efficient (Reddy et al., 2007).


[image: Figure 4]
FIGURE 4. Drainage of Ba-488 NPs by lymphatic vessels. Confocal microscopy images of lung lobes which received i.v. injected Ba-Atto488 NPs (green) and Lectin-A647 (red) 30 min before sacrifice of the mouse. Left: overview image. Right: representative higher magnification images of a time series over 45 min of a selected area tracking NPs in a non-lectin-stained vessel. Scale bars represent 70 μm.




Delivery of Nanoparticles to the Tumor

Targeting NP-based therapies to the tumor site is obviously crucial for specific and effective treatment. It is therefore important to assess the capability of nanoparticulate drugs to reach the tumor, as we show in the following examples.

Experimental lung metastasis was obtained by i.v. injection of A549-mCherry cells in NMRI-Fox1nu/nu mice that led to the formation of tumor nodules in the lung that were easily detectable by their fluorescence (Figure 5). Blood vessel staining of the nodules revealed that they are poorly perfused and possess a strong connective tissue capsule (Figure 5).


[image: Figure 5]
FIGURE 5. Ba-NPs barely penetrate the tumor capsule due to poor tumor vascularization. Confocal images of a lung lobe from a mouse with A549-mCherry induced lung tumor nodules that received Ba-Atto488 NPs i.v. shortly before sacrifice. Images show the overlay (merged) of Lectin-A647 for blood vessel staining (red), Ba-Atto488 NPs (green), and A549-mCherry positive nodules (yellow). Scale bar represents 70 μm.


Although NPs have progressively been used as drug delivery systems their successful transport to the tumor lesion or TAMs is not always a given. We tested the feasibility of ex vivo lung live cell imaging for assessing the penetration and accumulation of Ba-NPs at the tumor site. Figure 5 shows a lung lobe of a mouse with an A549-mCherry positive lung metastasis which received an i.v. injection of Ba-Atto488 NPs. It is clearly visible that the type and size of NPs used here strike a barrier around the tumor mass that they cannot penetrate and only a very small proportion of NPs reach the core of the tumor, due to the limited vascularization of the nodule, as illustrated by the lack of lectin staining.

Figure 6 shows an overview of part of a lung lobe with several A549-mCherry induced tumor nodules and Ba-Atto488 NPs as well as Lectin-A647 injected shortly before sacrifice. The tumor nodules displayed a mixed intensity of mCherry fluorescent protein, which may be either due to different levels of mCherry expression or heterogeneous development of the tumor cells (Figure 6A, yellow signals). Furthermore, dark areas were visible in the center of the nodules, suggestive of necrosis (Figure 6A). The nodules are generally poorly vascularized as seen by a lack of bound Lectin-A647 (Figure 6A, red signals). This led to a very limited distribution of Ba-Atto488 NPs in the tumor nodules when compared to the healthy lung tissue, where the NPs were generally well-dispersed throughout. Some lectin-stained vessels are present at the border of the tumor and these are partly leaky, which is demonstrated by an accumulation of NPs in the surrounding tumor tissue (Figure 6B).


[image: Figure 6]
FIGURE 6. Penetration of Ba-Atto488-NPs into the tumor tissue. Representative confocal images of a lung lobe from a Nu/Nu mouse with A549-mCherry (yellow) lung tumor nodules. Lectin-A647 (red) for blood vessel staining and Ba-Atto488 NPs (green) were injected i.v. shortly before sacrifice. (A) Overview of two tumor nodules in the lung with central necrotic areas and poor vascularization. Images show the overlay (merged) of Lectin-A647 (red), Ba-Atto488 NPs (green), and A549-mCherry cells (yellow). Scale bar represents 500 μm. (B) shows a magnified region at the border of the tumor represented in (A), with a leaky vessel within one of the nodules and Ba-Atto488-NPs that entered the surrounding tumor tissue in close proximity to the vessel. Ba-Atto488 NPs were detected with Airyscan technology. Scale bar represents 30 μm.


These results confirm earlier problems with the specific delivery of nanoparticulate drugs to tumor sites. Despite the fact that nanoencapsulated drugs have been shown preclinically to accumulate in tumors via the enhanced permeability and retention effect (EPR) (Sanna and Sechi, 2020) as well as attempts to actively target the tumors by functionalization of nanotherapies with specific antibodies, most efforts showed a very large intra- and inter-individual heterogeneity, explaining the mixed response of patients to the therapies (Dasgupta et al., 2020). It appears that tumors show vast differences in EPR-contributing parameters, such as vessel density, perfusion and permeability, tumor stroma composition and lymphatic vessel functionality (Dasgupta et al., 2020) and these differences largely contribute to the heterogenic response of tumors to nanotherapies. Our approach vividly depicts this problem by showing that the limited accumulation of NPs at the tumor site can be related to both a lack in vascularization as well as a dense stroma capsule around the tumor, offering an exemplary explanation for the frequently poor efficacy found when such strategies are implemented. Moreover, the delivery of NPs to the tumor and lymph nodes, the elimination pathway as well as their intracellular processing is dependent on the size and shape of NPs (Stylianopoulos, 2013). A fine balance has to be found between NP sizes that are large enough to avoid a rapid renal clearance, but small enough to penetrate the leaky tumor vessel pores. The ex vivo live cell imaging method may therefore be a useful tool for the evaluation of differently sized and composed NPs and the effect these parameters have on EPR, lymphatic drainage and modification of the extracellular matrix (Fernandes et al., 2018; Wang et al., 2019).

Following confocal live cell visualization, the tissues can be prepared for all other common ex vivo visualization procedures, including light sheet microscopy and histology, as shown in Figure 7. Light sheet microscopy, which uses cleared fixed tissue revealed additional tumor nodules deep within the same lung lobe, which were not identified by confocal microscopy due to limited optical penetration. H&E staining of a 2D paraffin section from the same lung tissue confirmed several locations of tumor lesions. Combined, ex vivo live cell confocal imaging of entire lung lobes is thus a good preclinical method of pre-assessing the accumulation of NP-based drugs at the desired site of action, in particular in the case of tumor masses.


[image: Figure 7]
FIGURE 7. Ex vivo light sheet microscopy and histology is possible after live cell imaging. (A) Maximum projection of a 3D stitched mosaic acquired by light sheet microscopy of part of the lung lobe shown in Figure 5, displaying several A549-mCherry induced tumor nodules deep inside the lung lobe (arrow heads). (B) H&E staining of a paraffin section from the lung lobe displayed in (A) following paraffin embedding of the lung lobe and serial sectioning. Scale bars represent 1,000 μm.




Tumor Cell Dynamics

Also the behavior of individual or clusters of cells within a tumor mass can be studied. We have for instance observed astonishingly strong movement of tumor cells in already established tumor masses that were induced several weeks before imaging (Figure 8 and Supplementary Movie 4). This suggests that tumors are extremely active structures with dynamic cell displacement.


[image: Figure 8]
FIGURE 8. Tracking of the dynamic movement of tumor cells in the tumor mass. Confocal images of a lung lobe from a Nu/Nu mouse with A549-mCherry cell-induced tumors (yellow). Blood vessels were stained by i.v. injection of Lectin-A647 (red) shortly before sacrifice of the animal. (A) Images show the overlay (merged) of Lectin-A647 (red) and A549-mCherry cells (yellow). (B) Representative image of a time series over 1 h 34 min showing the trajectory of individual motile tumor cells. Scale bars represent 50 μm.


The process of extra- and intravasation of tumor cells into and from blood vessels are also processes that could be studied in detail by ex vivo lung live cell imaging, an example of which can be seen in Figure 9. Imaging of the direct crossing of the tumor vascular barrier through intercellular gaps may be achieved by Airyscan technology.


[image: Figure 9]
FIGURE 9. Intravasation of tumor cells into blood vessels. Left: Representative image of a time series over 1 h 4 min taken of a lung lobe from a Nu/Nu mouse with A549-mCherry cell-induced tumors (yellow). Blood vessels were stained by i.v. injection of Lectin-A647 (red) shortly before sacrifice of the animal. The three images in the right panel are zoomed in images of the boxed location in the left image. The far right image shows an orthogonal projection at the end of the time series. Scale bars represent 40 μm, overview image 50 μm.




Exchange of Nanomaterial Between Tumor Cells

Another process that we observed with the presented technique is the exchange of material between different cells. In the following example we have incubated A549-mCherry cells with Ba-Atto488 overnight and then injected them i.v. in a NMRI-Fox1nu/nu mouse. Figure 10 and Supplementary Movie 5 clearly show the exchange of Ba-NPs between two tumor cells active in the lung. The exchange of nanomaterial took place over 3 h. As we have labeled the A549-mCherry cells with Ba-Atto488-NPs before injecting them i.v., it is most likely that the NPs are already located in late endosomes/lysosomes, which can be then transferred by extracellular shedding. Fluorescent NPs are of advantage here for the visualization of this process.


[image: Figure 10]
FIGURE 10. Tracing intercellular exchange by NPs. Confocal images of a lung lobe from a NMRI-Fox1nu/nu mouse, i.v. injected with Lectin-A647 (red) and Ba-Atto488 NPs (green) loaded A549-mCherry cells (yellow) shortly before sacrifice. The three images in the right panel show representative magnified images of a time series over 3 h taken from the area marked in the left image. Ba-Atto488 NPs are transferred between two tumor cells. Scale bars represent 10 μm, overview image 20 μm.


Intercellular organelle and EV exchange has been described many times, but most have only been shown in cell culture (Rogers and Bhattacharya, 2013). Moreover, the transfer of exosomes from one cell to another is a common feature especially in immune cells. EVs are vehicles for bidirectional communication between cells and carry bioactive molecular cargoes, including proteins, lipids and nucleic acids that can affect the functions and phenotypes of recipient cells by altering gene expression or by activating various signaling pathways (Maacha et al., 2019). EVs can carry their cargo from the parent cell and can be captured by neighboring or distant recipient cells through the interaction of vesicular ligands with cellular receptors, but the precise mechanisms of interaction remain poorly characterized. Tumor-derived EVs may contain tumor-specific antigens on their surface or miRNAs and brings an advantage to cells that can share this material with other cells. Studies suggest that vesicles can be internalized and could fuse with the recipient cell either at the plasma membrane or after internalization (Théry et al., 2009). While we cannot directly show that the transfer of NPs happened through EVs, we speculate that this is the most likely process. Importantly, to our knowledge this is the first description of material exchange between tumor cells in live lung tissue imaging.



Shedding of Membrane Vesicles

The process of EV production by tumor cells was also captured by our ex vivo live cell microscopy approach. As shown in Figure 11 and Supplementary Movie 6A, A549-mCherry tumor cells from an established tumor nodule were observed in the process of producing vesicles of about 10 μm in size and releasing them in a blebbing manner.


[image: Figure 11]
FIGURE 11. Shedding of EVs. Confocal microscopy images of a lung lobe from a Nu/Nu mouse with a A549-mCherry tumor (yellow) and Lectin-A647 (red) and Ba-Atto488-NPs injected i.v. 5 min before sacrifice of the mouse. (A) Overview image showing a tumor nodule (yellow) and vascularization (red). Scale bars represent 100 μm, overview image 300 μm. (B) Representative images from a time series over 1 h 50 min with a frame interval of 180 s. Scale bars represent 40 μm.


A second example of EVs shedding of similar size can be seen in Supplementary Movie 6B, which was produced shortly after i.v. injection of A549-mCherry cells. This movie also shows that ex-vivo live cell imaging visualized the active movement of tumor cells within a blood vessel over about 3 h 19 min hours. Furthermore, several tumor cells were observed that undergo apoptosis, or others seem to be more resistant and release EVs and rapidly explore the surrounding tissue. The lung is the organ with the highest vascular density in humans and thus substantially contributes to the circulation of EVs, lipid bilayer-delimited particles that contribute to the development of metastasis. Exosomes, microvesicles and oncosomes secreted by tumors have been shown to inhibit immune responses, but in conjunction with adjuvants they can also induce potent antitumor responses (Théry et al., 2009). Moreover, all these EVs have been shown to be key players in signaling of tumor cells over long distances, contributing to the promotion of a pre-metastatic niche and reprogramming of the stroma (Minciacchi et al., 2017; Wortzel et al., 2019). While exosomes may be too small (up to 150 nm) to visualize by our described approach, microvesicles (100–1,000 nm) and oncosomes (1–10 μm) are in the range of good visibility by confocal microscopy. It is therefore probable that the EVs we detected by ex vivo live cell imaging are oncosomes. Thus, this method may support the better understanding of EVs and their distinctive roles and may also contribute to the clarification of the controversy that exists to date on the nomenclature of EVs (Meehan et al., 2016; Witwer and Théry, 2019). This method is thus a valuable tool to identify the continuous formation of EVs by the tumor cells, which most of the time cannot be detected by slice imaging methodologies once that the EVs lose the expression of key cancer biomarkers used to identify the tumor cells.




CONCLUSION AND POTENTIAL

Ex vivo live cell confocal microscopy provides a new way of studying the interactions of nanoparticles with immune and tumor cells and the vessel endothelium. As we show by several examples in the mouse lung, the method presents a notable alternative to more demanding techniques such as intravital lung microscopy using windows and to in vivo optical imaging that provide substantially lower resolution. It is mostly suitable for the visualization of processes that occur within the vessel/tumor interfaces, such as delivery of NPs to the tumor, interaction of NPs with blood monocytes, intra- and extravasation. Thus, the method may support the characterization of nanoparticulate therapies, studying the dependence of NP uptake on the heterogeneity and microenvironmental features of tumors as well as the optimization of NPs size and functionalization for specific targeting. By engineering specific NP surfaces it should in theory be possible to modulate and control host responses. Such processes may also be studied by this technique. While we are using fluorescently tagged cell lines and transgenic mice to visualize specific cells, an alternative or additional approach could be the injection of fluorescent antibodies before sacrifice and imaging of the lung. Moreover, the approach is able to supply new information on cell processes that are not directly and instantaneously affected by a loss of air flow or breathing mechanics, such as the behavior of tumor masses in the lung, including the production of extracellular vesicles and their fate, intercellular exchange of material/organelles and the processing of tumor material by immune cells. While we focus on interactions with nanoparticles, this method may provide novel information on a number of other cellular events, such as the phagocytosis of tumor cells by macrophages and other cells; the immediate cellular effects of treatments such as chemotherapies, including the live visualization of apoptotic events; the immediate reaction of immune cells at encounter of allergens and real-time detection of intracellular and metabolic processes in live cells.
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Organ-on-chip (OOC) systems recapitulate key biological processes and responses in vitro exhibited by cells, tissues, and organs in vivo. Accordingly, these models of both health and disease hold great promise for improving fundamental research, drug development, personalized medicine, and testing of pharmaceuticals, food substances, pollutants etc. Cells within the body are exposed to biomechanical stimuli, the nature of which is tissue specific and may change with disease or injury. These biomechanical stimuli regulate cell behavior and can amplify, annul, or even reverse the response to a given biochemical cue or drug candidate. As such, the application of an appropriate physiological or pathological biomechanical environment is essential for the successful recapitulation of in vivo behavior in OOC models. Here we review the current range of commercially available OOC platforms which incorporate active biomechanical stimulation. We highlight recent findings demonstrating the importance of including mechanical stimuli in models used for drug development and outline emerging factors which regulate the cellular response to the biomechanical environment. We explore the incorporation of mechanical stimuli in different organ models and identify areas where further research and development is required. Challenges associated with the integration of mechanics alongside other OOC requirements including scaling to increase throughput and diagnostic imaging are discussed. In summary, compelling evidence demonstrates that the incorporation of biomechanical stimuli in these OOC or microphysiological systems is key to fully replicating in vivo physiology in health and disease.
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INTRODUCTION

Pre-clinical drug development requires physiologically relevant in vitro models which successfully recapitulate the human tissue or organ scenario in vivo. These predictive models are also extremely valuable for fundamental research into health and disease and for testing the response to manufactured products, food substances, toxins, pollutants, etc., providing potential as platforms for personalized medicine. Organ-on-chip (OOC) technology holds great promise in this regard as it facilitates the design of biomimetic microfluidic models incorporating multiple cell types and extracellular matrix (ECM) cues within a 2- or 3-dimensional (3D) environment, thereby replicating functional units of human tissues and organs in vitro (Huh et al., 2013; Caplin et al., 2015; Skardal et al., 2016; Caballero et al., 2017). These OOCs, also known as microphysiological systems, are increasingly being used to model both healthy and diseased organs and as drug screening platforms (Esch et al., 2015). This positions OOC technology as a potential route toward delivering safer and more effective treatments and unblocking the drug development pipeline which currently suffers substantial and costly attrition. As a result, there is significant interest and investment in this area from the biotech and pharmaceutical industries. Indeed, it is estimated that OOC technology could reduce pharmaceutical research and development costs by 10–26% (Franzen et al., 2019).

Organ-on-chip systems facilitate the application of multiple biochemical and biomechanical cues which direct cell behavior and ultimately replicate key aspects of tissue and organ function (Bhatia and Ingber, 2014). Biomechanical cues influence the growth and form of practically all tissues in the human body and are well established as modulators of cell signaling in health and disease (Jaalouk and Lammerding, 2009). While biomechanical stimuli can alter mass transport within tissues to modulate biochemical signaling gradients, cells can also sense these signals through mechanotransduction. Mechanobiology is the study of the cellular interpretation of biomechanical stimuli which, over the past 25 years, has become a burgeoning field of interdisciplinary research. The fundamental role of mechanobiology in many physiological processes, including the response to pharmaceuticals and other stimuli, necessitates the incorporation of biomechanical cues into OOC systems. For example, the incorporation of cyclic tensile strain mimicking lung epithelial stretch while breathing into an OOC lung-on-a-chip device is crucial to obtaining a physiological inflammatory response (Huh et al., 2010). The use of microfluidic platforms such as OOC systems for the study of mechanobiology is well established (Polacheck et al., 2013), while the innovative OOC field is producing novel approaches toward incorporating biomechanical cues into chip design as recently reviewed by Kaarj and Yoon (2019). However, to satisfy regulators and ensure reliability, OOC models with application in pre-clinical research or personalized medicine require standardized systems with validated biological models. In this review we highlight some instances where mechanical stimuli can drastically alter a given biochemical response with relevance to pre-clinical models. We summarize commercially available OOC model systems incorporating biomechanical stimuli, and review efforts to utilize these systems across different anatomical systems. The versatility of many of these OOC systems facilitates their application toward multiple organ models in addition to those validated to date, and we discuss future perspectives for this technology. As the field looks to build biological complexity in these OOC systems, it remains to be seen whether it is necessary to precisely mimic the diverse biomechanical stimuli found in vivo, or whether an approximation of in vivo biomechanics is sufficient.



MECHANOBIOLOGY AND THE IMPORTANCE OF BIOMECHANICAL STIMULI IN OOC


The Nature of Biomechanical Stimuli

In vivo, cells are subjected to combinations of biomechanical and biochemical stimuli, which can interact to modulate the cellular response. Biomechanical cues are often extrinsic to the cell and can take passive or active forms. Passive biomechanical stimuli include substrate stiffness, geometric confinement, or topographic cues. Active stimuli include connective tissue tensile stretch and compression, fluid shear stress, interstitial fluid flow, and hydrostatic pressure (Figure 1).
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FIGURE 1. Schematic illustration of biomechanical stimuli and examples of how these stimuli could be implemented in organ-on-chip systems. (A–E) Active biomechanical stimuli including (A) fluid shear stress, (B) interstitial fluid flow, (C) hydrostatic pressure, (D) tensile stretch, and (E) compression. (F–H) Passive biomechanical stimuli including (F) substrate stiffness, (G) substrate topography, and (H) geometric confinement.


While the nature of the biomechanical signal is important, the cellular response is also heavily dependent on the duration, magnitude, and frequency of the active biomechanical cue. Efforts to engineer connective tissues have used biomechanical signals as drivers of anabolic tissue formation and stem cell differentiation (Potier et al., 2010; Delaine-Smith and Reilly, 2012). Dynamic compression has long been applied to chondrocytes (Kim et al., 1994), with physiological loading duration, magnitude and frequency capable of eliciting anabolic responses (Anderson and Johnstone, 2017), while supraphysiological strain rates via high magnitude or frequency can drive a catabolic response (Leong et al., 2011). Experiments in fracture healing have demonstrated that mesenchymal stem cell (MSC) lineage specification can be driven in vivo by both magnitude and type of biomechanical signal, e.g., interstitial fluid flow or hydrostatic pressure (McMahon et al., 2008; Lee et al., 2011). These active stimuli can be further tuned to modulate stem cell differentiation through their interactions with passive stimuli such as substrate stiffness (Engler et al., 2006) and cellular confinement (McBeath et al., 2004; Gao et al., 2010).

An instance where strain magnitude and frequency can have physiological consequences is in mechanical lung ventilation, commonly used in very prematurely born infants. Children who received high frequency oscillatory ventilation as neonates had superior lung function at 11–14 years than those receiving conventional mechanical ventilation (Zivanovic et al., 2014). When the associated strain magnitudes were investigated in vitro using A549 alveolar analog cells, lower strain amplitudes associated with high frequency oscillatory ventilation resulted in a reduced inflammatory response which may provide an explanation for superior lung function years later (Harris et al., 2019). A great deal of literature has focused on identifying appropriate and pathological biomechanical parameters for specific cell types and tissues, and such studies involving microphysiological systems relevant to OOC models have been reviewed by Polacheck et al. (2013) and Kaarj and Yoon (2019).



Mechanobiology Regulates Cell Behavior and Response to Pharmaceuticals

Biomechanical signals can direct cell behavior in numerous contexts. Interactions between biomechanical signals can have unexpected effects, with dynamic compression overriding the influence of hydrogel substrate to divert MSC differentiation from myogenic to chondrogenic (Thorpe et al., 2012). Biomechanical signals can also modulate the cellular response to biochemical signals including pharmaceuticals. For example, matrix rigidity can switch the functional response to the cytokine transforming growth factor-β1 (TGF-β1) in epithelial cells, with TGF-β1 inducing apoptosis in cells on soft substrates in contrast to epithelial-mesenchymal transition (EMT) in cells on rigid substrates (Leight et al., 2012). This demonstrates how changes in tissue mechanics, as often occur in disease, could confound the cellular response to a given pharmaceutical.

Active biomechanical cues can also switch the cellular response to pharmaceuticals. We have shown that dynamic tensile strain applied to cultured cells in 2D using the Flexcell® system can regulate chondrocyte response to histone deacetylase 6 (HDAC6) inhibition (Fu et al., 2019). The inflammatory cytokine interleukin-1β (IL-1β) triggers nitric oxide and prostaglandin E2 (PGE2) release from articular chondrocytes, ultimately leading to the destruction of articular cartilage in disease. Tubacin, a specific inhibitor of the cytoplasmic tubulin deacetylase HDAC6, is anti-inflammatory and inhibits nitric oxide and PGE2 release in the absence of tensile strain (Figure 2). However, the application of biomechanical strain nullifies the anti-inflammatory effects of tubacin leading to elevated nitric oxide and PGE2 release (Figure 2). This compound’s efficacy as an anti-inflammatory agent is dependent on the biomechanical environment and highlights the need to include mechanical stimuli in pre-clinical testing.
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FIGURE 2. Tensile strain blocks the anti-inflammatory effects of tubacin. Bovine articular chondrocytes cultured in the presence of vehicle or interleukin-1β (IL-1β) were treated with HDAC6 inhibitor tubacin and/or cyclic tensile strain of 10% at 0.33 Hz for 24 h using a Flexcell® FX5000 cell tension system. (A) Nitrite (nitric oxide) and (B) prostaglandin E2 (PGE2) release. n = 6; Two-way ANOVA with Sidak pairwise comparisons: *P ≤ 0.033, **P = 0.0011, ***P = 0.0004. Mean ± s.e.m. with individual values overlaid. Data adapted from Fu et al. (2019) where further details of methods can be obtained.


The importance of biomechanical stimuli in models of the respiratory system is highlighted by studies demonstrating the ability of these stimuli to both modify disease behavior and drug responsiveness. The addition of biomechanical stimuli to an orthotopic model of human non-small cell lung carcinoma (NSCLC) decreased the sensitivity of tumor cells to tyrosine kinase therapy (Hassell et al., 2017). While this study found application of breathing motions reduced NSCLC cell proliferation and cluster formation within an Alveolus-Chip, it also resulted in the downregulation of epidermal growth factor receptor (EGFR) expression and signaling which ultimately led to the accumulation of tumor cells resistant to tyrosine kinase inhibitor mediated growth inhibition (Hassell et al., 2017). This may explain the high therapeutic resistance observed in regions of the lung which remain functionally aerated, and further demonstrates the importance of considering biomechanical stimuli in pre-clinical models.



Intrinsic Drivers of Biomechanical Response in OOC

Mechanobiological responses are cell type dependent, and this is evident as stem cells change their mechanosensitivity with differentiation (Thorpe et al., 2010). Indeed, cellular sensitivity to mechanics may fluctuate in response to various intrinsic factors which act on timescales ranging from seconds for biomechanical memory (Heo et al., 2015), to years in the case of aging (Boers et al., 2018). Biomechanical stimuli provide integral cues to direct cell behavior, however there are several emerging intrinsic factors which influence the cellular response on the timescale of a typical study and should be considered in OOC strategies.


Biomechanical Memory

The response to a given biomechanical stimulus often results in changes in the cells and ECM that make up the cellular microenvironment. This in turn alters the biomechanical stimuli to which cells are exposed. The resulting mechano-reciprocal relationship between cell and biomechanical microenvironment is fundamental to tissue development and remodeling (van Helvert et al., 2018).

In addition, prior exposure to biomechanical stimuli leads to epigenetic changes determining the transcriptional response to subsequent stimuli (Downing et al., 2013; Heo et al., 2015; Li et al., 2017). Thus, the encoding of the history of biomechanical stimuli as epigenetic marks can lead to a faster more robust response upon subsequent stimulation or may temporally silence a genomic reaction to provide a refractory period of biomechanical unresponsiveness. Furthermore, different cell lineages have well documented changes in epigenetic state (Atlasi and Stunnenberg, 2017), which may impact cell behavior in response to strain.

Due to both tissue remodeling and epigenetic factors, previous exposure to biomechanical stimuli influences the response to repeat stimulation. Hence OOC systems may need to use pre-stimulated cells or precondition the model with biomechanical stimuli prior to testing the biological response to an intervention.



Inflammation

Chronic inflammation is associated with the deregulation of matrix signaling, tissue fibrosis and stiffening. It is well established that such changes will alter the biomechanical response of the cell and can influence a cell’s inherent biomechanical memory (Heo et al., 2015; Nowell et al., 2016). However, the direct effect of inflammatory signaling upon cellular mechanosensitivity itself is unclear. Cytokines can influence actin, focal adhesions, mechanoreceptor expression and primary cilia (Wann and Knight, 2012; Wang et al., 2018). Indeed, preconditioning of synoviocytes with inflammatory cytokines enhances mechanosensitivity (Estell et al., 2017). Therefore, it may be important to build OOC models that incorporate this interaction between inflammation and biomechanical stimuli to accurately predict in vivo behavior.



Time of Day

Cells possess an internal timing system, or circadian rhythm, allowing synchronization to predictable environmental fluctuations of the 24 h day/night cycle. This biological clock enables the temporal compartmentalization of key cell processes according to the time of day. The recent findings on Clock regulation of expression of mechanoreceptors Piezo1 and TRPV4 in bladder cells (Ihara et al., 2017), the body temperature sensitivity of TRPV4 activation (Gao et al., 2003), and diurnal actin dynamics (Hoyle et al., 2017), supports the concept of circadian fluctuations in mechanosensitivity. In addition, biomechanical stimulation, particularly in musculoskeletal tissues, may be important in regulating the clock, such that alterations in patterns of loading may disrupt clock function altering cellular behavior. Consequently, there is increasing suggestion that protocols for applying biomechanical stimuli via OOC systems should be coordinated around a physiological diurnal cycle.



Metabolism

Glycolysis and oxidative phosphorylation are the two major energy producing pathways in the cell. The shift between these two processes is a driving force in lineage commitment and environmental adaptation (Folmes and Terzic, 2016). Cytoskeletal remodeling and cell traction are energetically dependent upon glycolytic flux (Shiraishi et al., 2015; Hu et al., 2016), and it has recently been shown that increasing substrate stiffness leads to the downregulation of glycolysis (Park et al., 2020). Furthermore, the mechanosensor polycystin-1 has a dual function as an essential mitochondrial protein (Lin et al., 2018), together demonstrating direct connectivity of cell metabolism and mechanosensitivity. The metabolic status of cells within an OOC system will therefore influence the effect of biomechanical stimuli on regulating cell function and drug response.



COMMERCIAL ORGAN-ON-CHIP PLATFORMS INCORPORATING BIOMECHANICAL STIMULI

Organ-on-chip platforms vary greatly in their design (Figure 3), however the majority of commercial systems incorporate microfluidics to supply cells with nutrients and remove waste materials, thus also providing biomechanical stimuli in the form of fluid shear and interstitial flow. A small number of systems can also stimulate cells with mechanical strain to mimic biological processes such as breathing, peristalsis or the pumping of blood through the vasculature. Other systems that apply electrical stimuli have also been developed (Feric et al., 2019). In this section we summarize several well established, commercially available OOC model systems that incorporate biomechanical stimuli (Table 1). In the subsequent section, we review efforts to validate these systems across different anatomical systems. We have focused on nine of the leading manufacturers of OOC technology who not only supply hardware but focus on the biological development of these systems.


TABLE 1. Commercially available organ on chip systems with integrated mechanical stimulation.
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FIGURE 3. Comparison of commercially available organ-on-chip platforms incorporating a form of active biophysical stimulus. (A) AX12 lung chip based on a 96-well plate format, consisting of two chips supported by a plate, each of which comprise six independent units. The ultrathin membrane (blue) is deflected by negative pressure inside the basal chip chamber through an integrated micro-diaphragm (gray). Images© Alveolix A.G. (B) The Human Emulation system from Emulate Inc. comprising organ chips which fit into the PodTM carrier. The ZoëTM culture module controls the rate of flow and stretch for up to 12 chips. The OrbTM provides the precise mixture of gas, power, and vacuum stretch required by the ZoëTM culture module. Images© Emulate Inc. (C) The 2-lane OrganoplateTM from Mimetas. Based on a 384-well plate format, it can support 96-individual models. Cells are cultured in/on ECM alongside a perfusion channel created using unique phase guide technology. Images© Mimetas B.V. (D) SynVivo’s microfluidic chips create an idealized microvascular network to mimic the formation of, and transport across, tight and gap junctions. Networks can also be created from digitized images to replicate in vivo physiology more accurately. Natural tissue regions can also be incorporated within the network topology. Images© SynVivo Inc.



AlveoliX

The AXLung-on-Chip System is a medium throughput system which mimics the biomechanical microenvironment of the air-blood barrier of the human lung (Figure 3A). It has the footprint of a standard culture plate (127 mm × 85 mm) and comprises two chips per plate which each have six “alveolar wells.” These wells are comprised of an ultrathin (3.5 μm), porous (3 μm diameter pores) alveolar membrane. Lung cells can be cultured under air-liquid interface (ALI) on the apical side of the membrane, and endothelial cells cultured on the basal side. The membrane is cyclically deflected in three dimensions using a “micro-diaphragm” beneath the membrane which is deflected by applying negative and positive pressures through an electro-pneumatic setup. Consequently, this strain (8%, 0.25 Hz) is transferred to the alveolar membrane in a manner comparable to that observed in the human lung.



BI/OND

The inCHIPitTM offers a medium throughput organ chip with up to six cultures running in parallel. Each chip is comprised of two compartments which can be subjected to flow (1–300 μL/min) and are connected by a porous membrane. The top channel (fluid shear: 1.58 × 10–6–2.10 × 10–4 Pa) is open for added flexibility while the bottom functions as a microfluidic channel (fluid shear: 0.011–9.722 Pa) and can be subjected to cyclic strain (2.5–10%, 1 Hz). It is suitable for the cultivation of complex 3D tissues (organoids, ex vivo tissue, spheroids, micro tissues) as well as tissue-tissue interface models.



CNBio

The PhysioMimixTM OOC system uses open-well plates (standard footprint: 127 mm × 85 mm) which are compatible with commercial inserts, tissue-specific scaffolds and scaffold-free cultures for easy scaling and on-boarding of validated or bespoke model systems. Up to six plates can be used simultaneously to run multiple independent experiments. This system allows real-time sampling and supports long-term, automated culture, refreshing culture media at a rate of 50–5,000 μL/min with limited user input and are suitable for single-organ, two-organ, or multi-organ experiments.



Emulate

The “Human Emulation System” platform comprises Organ-Chips, instrumentation, software, and applications to create a micro engineered system that replicates human in vivo-relevant physiology (Figure 3B). The Chip-S1 is composed of an elastomeric polymer, PDMS, with an upper channel (1 mm high × 1 mm wide) separated from a parallel lower channel (0.2 mm high × 1 mm wide) by a thin, flexible, porous (pore size 7 μm) membrane coated with ECM and lined with human cells. Multiple cell sources can be used including primary cells or organoids and the chips support a 3D microenvironment. The Zoë Cell Culture Module supports the culture of the chips, application of pressure-driven flow (0–1,000 μL/h, fluid shear: top channel; 0–0.009 Pa, bottom channel; 0–0.03 Pa) and stretch (0–12%, 0.01–0.4 Hz). The application of biomechanical forces (shear stress and tensile strain) and the ECM environment can be optimized for different organs or tissues to recreate a more physiological microenvironment.



Kirkstall

The Quasi Vivo® system is an advanced interconnected cell culture flow system. It is engineered to provide in vivo like conditions for cell growth. Available in three configurations (QV500, QV600, and QV900) this system is compatible with coverslips, membranes, barrier models, ALI culture and a range of 3D scaffolds. The Quasi Vivo® system uses a peristaltic pump to create flow (75–250 μL/min).



Micronit

Provide a range of OOC products in a variety of formats. Their core device is open and re-sealable consisting of a top and bottom layer completed by a central membrane layer. These are secured by dedicated and customizable clamps to create a cell culture platform with separately controllable fluid-flows above and below (fluid shear: 0.001–0.5 Pa). Microplate formats with active flow control systems are also offered based on fully integrated membrane valves and external actuation. Such solutions are developed and produced in a business-to-business fashion according to customer specific requirements. The open formats support sensory integration with focus applied to the optical sensing of oxygen.



Mimetas

The OrganoPlate® is a high throughput, microfluidic 3D cell culture plate capable of supporting up to 96 individual models concurrently with the footprint of a single 384-well plate (127 mm × 85 mm) and is available in 2-lane and 3-lane configurations (Figure 3C). For the 2-lane configuration, each individual model consists of two channels, a perfusion channel, and a gel channel, which are uniquely separated using phase guides rather than a physical membrane barrier. Tissues can be grown embedded in an ECM gel (lane width 375 μm) or as a perfused tubule (lane width 325 μm) against the ECM gel (surface area 1 mm2). Continuous gravity driven pump-free perfusion is provided using a rocker system to generate bi-directional flow (fluid shear: 0–0.3 Pa). This technology supports 3D cell culture, up to 3-layer co-culture, barrier integrity and transport, angiogenesis, and gradient formation.



SynVivo

Microfluidic chips are functionalized to recreate complex in vivo like microenvironments including scale, morphology and hemodynamics along with endothelial barrier function. They can support a microvascular network that simulates the circulation inside any tissue with respect to flow, shear and pressure conditions. These microfluidic chips are available in several configurations based on the desired geometry and tissue conditions and include linear channels, bifurcating channels (comprising in vivo geometries), micro vascular networks (obtained from in vivo imaging), and idealized network designs (Figure 3D). Within the idealized network, a central chamber, flanked by vascularized micro channels, allows creation of 3D tissue OOC models for real-time studies of cellular interactions, extravasation, and drug delivery. The devices include customized micro fabricated pores to allow communication between the tissue and vascular cells while maintaining tight and gap junctions between cells. The side-by-side architecture of the chips allows for development of complex cellular morphology while maintaining real time visualization and quantitation of cell-cell and cell-drug interactions. These models are also customizable with multiple options for channel size, tissue chamber size, number of chambers, scaffolding, and barrier design. Various tissue/OOC models have been validated against in vivo measurements in oncology, neuroscience, and inflammation studies. A syringe pump or peristaltic pump provides continuous flow in this system (1 nL/min–100 μL/min, fluid shear: 0.001–2 Pa).



TissUse

The HUMIMICTM platform is a miniaturized construct that closely simulates the activity of multiple human organs. The platform is available in multiple configurations and can support up to four different organ models simultaneously on a chip the size of a standard microscope slide. The organ models are supplied with media and connected by microfluidic channels (fluid shear: 0.02–2 Pa) supported by an on-chip pump. Cells and tissues can be used to emulate biological barriers as well as to grow spheroidal and matrix-supported cultures.



INCORPORATION OF BIOMECHANICAL CUES IN OOC MODELS FOR DIFFERENT ORGAN SYSTEMS

In the following section we outline some of the major biological systems where mechanical stimulation is well established to influence tissue function. We outline how different commercial OOC systems have been used to generate some of the most developed models of the cardiovascular, intestine, kidney and respiratory systems, and discuss how the development of the biology within these are influenced by the mechanical environment. However, the importance of mechanical stimuli to tissue development and function goes beyond these anatomical systems and will be an important component for the development of many if not all models, for example muscle, skin or fetal membrane and would similarly be expected to influence functionality and drug responses.


Cardiovascular Models

The cardiovascular system is subject to various types and levels of biomechanical stimuli. Within the heart, highly coordinated contractions of cardiac muscle pump blood into the vessels of the circulatory system. In the vasculature, endothelial cells lining the inner surface of the blood vessels are exposed to shear stress, tensile strain, and changes in hydrostatic pressure as the result of pulsatile blood flow. These stimuli influence cell morphology, proliferation and the permeability of the vessel. Shear stress is the most significant and prominent of these forces and disruption as a result of altered flow conditions is associated with disease such as atherosclerosis, thrombosis, and aneurysm (Chiu and Chien, 2011). In straight regions of arterial trees, the vascular endothelium experiences laminar blood flow that provides high and constant pressure (>1.5 Pa). Whereas regions that branch and curve experience non-uniform, irregular, and disturbed blood flow and as such shear stress is lower (<0.4 Pa) (Gomel et al., 2018).

Key features of the cardiovascular system have been replicated using OOC technology from blood vessel-on-chip models used to study single vessels or microvasculature, to heart-on-chip models (Table 1). Drug-induced cardiotoxicity is a critical issue in drug development. However, the complex environment of mechanical and electrical stimulation means that while several heart-on-chip devices have been published, validated models using commercial systems are limited. Perhaps the most advanced of these is the Biowire IITM platform from Tara Biosystems, which uses biomimetic electrical stimulation to examine the functionality of engineered cardiac tissue (Nunes et al., 2013). This heart-on-a-chip device gauges contractile activity generated by the engineered tissue as a measure of tissue function. As this review focuses on systems which directly apply mechanical stimulation, this system is not discussed here. For further review of recent developments in heart-on-a-chip models please see (Beverung et al., 2020).

Vascular components are a common feature of barrier models such as blood-brain barrier, liver, kidney, and intestine models. Disruption of the vascular barrier plays a key role in the onset and progression of several diseases, thus preventing disruption or restoring function are attractive targets for drug discovery. In the Chip-S1 from Emulate Inc., organ-specific epithelial cells are cultured within the larger upper channel, while endothelial cells are cultured in the bottom channel. These endothelial cells proliferate until a continuous channel lining is formed creating a micro-vessel that represents the supporting microvasculature of the tissue. This micro-vessel has been used to study neutrophil adhesion, rolling and intravasation in lung-chip models of asthma and chronic obstructive pulmonary disease (COPD) (Benam et al., 2016a, b). At 0.3 Pa, maximum shear stress in these systems is significantly lower than observed in vivo. More recently, a developmental aorta-on-chip was constructed on this platform. The shear stress values were increased to 0.5 Pa using a generic multichannel peristaltic pump, and together with cyclic membrane stretching (10%, 2 Hz) to replicate the heart rate at this stage of development (∼120 beats per minute), promoted hematopoietic stem cell formation in response to blood flow (Lundin et al., 2020).

The SynRAMTM 3D inflammation model from SynVivo uses this barrier concept in a more complex chip design to study real-time rolling, adhesion, and migration processes within a microvasculature network. While simplified idealized networks can be used to reproduce constant shear and flow conditions from 0.05 to 0.4 Pa (Lamberti et al., 2013), a unique feature of this chip is that network design can also be derived from complex in vivo microvascular networks obtained from digitized images (Figure 3D). This produces a vascular morphology with converging and diverging bifurcations which result in varying shear and flow conditions permitting the study of inflammation and particle adhesion in a realistic and dynamic environment (Rosano et al., 2009; Prabhakarpandian et al., 2011; Lamberti et al., 2013). Indeed, the disruption to flow patterns and morphology generated near to bifurcations within the chip replicates increased adhesion of cells (platelets, leukocytes, etc.) and particles observed at these sites in vivo under pathological conditions (Prabhakarpandian et al., 2011).

Using OrganoPlate® technology, Mimetas have created the first high throughput blood vessel-on-chip system. Human coronary artery endothelial cells seeded in the perfusion channel proliferate to cover the surface forming a micro vessel with a perfusable lumen (van Duinen et al., 2019). Fluid shear (0.16 Pa) is applied to this system in a gravity-driven manner to generate a bidirectional, oscillating flow rather than the unidirectional linear flow observed in vivo. Crucially, the tubular shape of this vessel only develops within the chip when adherent endothelial cells are exposed to flow thus highlighting the importance of biomechanical stimuli. This system has been used to investigate drug delivery (Beekers et al., 2018), angiogenesis (van Duinen et al., 2019) and to explore the effects of inflammation on monocyte-to-endothelium adhesion under flow (Poussin et al., 2020). In the latter, adhesion of monocytic cells to endothelial microvessels is observed in response to aerosols (Poussin et al., 2020) similar to what is observed in chip systems utilizing unidirectional flow (Benam et al., 2016b).



Respiratory Models

Current models of the respiratory system typically focus on the alveolus or airway epithelium. As the alveolus expands and contracts during normal breathing the alveolar epithelium is exposed to cyclic tensile strain while also receiving a low level of shear stress due to air flow. Healthy epithelium typically experiences up to 12% strain, however these levels can become much higher in scarred areas which are less elastic (Waters et al., 2012). The mechanical environment of the airway itself is complex, while the contribution of strain is less, low level circumferential and longitudinal expansion and contraction will accompany normal breathing. This environment will be greatly affected under diseased conditions such as asthma where bronchoconstriction results in compressive loading of the epithelium as the result of smooth muscle activation (Tschumperlin and Drazen, 2001).

Few commercially available systems combine the ALI culture required for these models with cellular stretching to incorporate the tensile strain. The AXLung-on-a-chip, from AlveoliX is one such system (Figure 3A), it replicates the alveolar barrier whereby alveolar epithelial cells and endothelial cells are cultured in tight monolayers upon either side of a thin, porous membrane (Stucki et al., 2015, 2018). The inclusion of cyclic strain in this model (10% strain, 0.2 Hz) influences the metabolic activity of primary human pulmonary alveolar epithelial cells and increases the permeability of the epithelial barrier with no effect on cell layer integrity. Cytokine secretion by the epithelial cells is altered by the inclusion of mechanics such that interleukin-8 release is greater after 24–48 h of stretching relative to static conditions (Stucki et al., 2015).

In the Alveolus chip from Emulate Inc., human or mouse alveolar epithelial cells and endothelial cells are cultured within the Chip-S1 on opposite sides of the PDMS membrane described above (Figure 3B). The membrane is subjected to cyclic stretch to represent physiological breathing (10% strain, 0.2 Hz). This biomechanical input is essential for the replication of lung function and results in a 10-fold enhancement of the uptake of nano particulates into the alveolar epithelium over static conditions dramatically increasing reactive oxygen species production and promoting neutrophil capture and transmigration (Huh et al., 2010). Pulmonary surfactant production is enhanced within the chip further promoting epithelium integrity and barrier function while functioning as an important defense mechanism against bacterial infection (Thacker et al., 2020). Several commercial systems have been used to generate lung-on-a-chip models that mimic the complex solid and fluid microenvironment of the airway epithelium such as SynVivo’s SynALI lung model which comprises an apical channel functionalized with lung epithelial cells and surrounded by “vasculature” comprised of endothelial cells separated by a porous scaffold (Kolhar et al., 2013; Liu et al., 2019; Soroush et al., 2020). This structure allows the formation of airway tubules through ALI culture within the apical channel that transport mucus and are maintained by the surrounding endothelium (Kolhar et al., 2013; Liu et al., 2019; Soroush et al., 2020).

In the Airway-chip from Emulate Inc. primary human lung airway basal stem cells are cultured under ALI on one side of the membrane, while primary human lung endothelium is cultured on the parallel vascular channel and exposed to continuous fluid flow with a volumetric flow rate of 60 μL/h resulting in wall shear stress of 0.0017 Pa (Huh et al., 2012; Jain et al., 2018). The basal stem cells differentiate into a functional mucociliary pseudostratified epithelium containing ciliated cells, mucus-producing goblet cells, club cells, and basal cells in relevant in vivo proportions. The underlying human pulmonary microvascular endothelium forms a continuous cell monolayer linked by VE-cadherin containing adherens junctions. This chip accurately replicates viral infection by SARS-CoV-2 and influenza virus and can be used to study the recruitment of circulating immune cells, such as neutrophils, under dynamic flow to the site of infection. In a recent study, this chip model successfully recapitulated the effects of clinically used viral therapeutics for influenza (Si et al., 2020).

Other systems combine ALI culture with flow to generate lung models from tissue culture inserts such CNBio’s PhysioMimixTM and Kirkstall’s Quasi Vivo system (Table 1). Mazzei et al. (2010) have used the Quasi Vivo system to generate co-culture models of lung epithelium and immune cells [dendritic cells (DCs), macrophages]. In the QV600 system, lung epithelium cultured on transwell inserts is subjected to ALI culture, which coupled with perfusion accelerates development of the lung epithelium with higher ciliogenesis, cilia movement, mucus-production and improved barrier function relative to static conditions (Chandorkar et al., 2017). In SynVivo’s SynALI model, epithelial and endothelial co-cultures are grown in a tubular structure to generate a central in vitro 3D hollow airway lumen with continuous airflow which is flanked by two in vitro 3D microvascular structures. The central lumen communicates via pores to these vascular channels which are cultured with living endothelium around a central lumen filled with fluid, mimicking blood flow (Liu et al., 2019).

In recent work, Si et al. (2020) demonstrated that in the Airway-chip from Emulate, only two of seven compounds identified by drug repurposing screens in 2D culture systems were effective at inhibiting viral entry of a pseudotyped SARS-CoV-2 virus. These findings in the chip have been corroborated by in vivo studies that similarly found one of these compounds, amodiaquine and its active metabolite (desethylamodiaquine) significantly reduced viral load in hamsters in both direct infection and animal-to-animal transmission models of native SARS-CoV-2 infection (Si et al., 2020). Thus, this study highlights the enormous potential of OOC technology to screen drug candidates more stringently prior to their use in animal studies and thus accelerate both the development and rapid repurposing of drugs.



Intestine Models

As part of normal gut function, the intestinal epithelium is subjected to complex biomechanics. During peristalsis, waves of highly synchronized contraction move digested food through the intestinal tract deforming the intestinal mucosal layer and generating irregular compressive and tensile strains, and fluid shear stress, which vary along the length of the digestive tract as the viscosity of the digesta is altered (Brandstaeter et al., 2019). The digestive system has been another key area of focus for OOC technology as intestinal models are crucial for drug research and development, providing platforms for drug adsorption, efficacy and toxicity testing in addition to providing a range of disease models for conditions including inflammatory bowel disease and colitis.

The replication of peristaltic motions within the intestinal microenvironment is key to generation of 3D tissue architecture within organ-chips. The application of flow at 30 μL/h (0.0346 mPa) and cyclic stretch (10%, 0.15 Hz) to the human intestinal colorectal adenocarcinoma cell line (Caco-2) cultured in Emulate’s Chip-S1 (Figure 3B) promotes formation of a columnar epithelium which spontaneously grows into folds recapitulating the structure of intestinal villi (Kim et al., 2012; Grassart et al., 2019). This platform can support the co-culture of intestinal microbes for extended periods without compromising epithelial viability (Kim et al., 2012). Moreover, it is compatible with human organoid culture such that organ chips representing small intestine (Kasendra et al., 2018), adult duodenum (Kasendra et al., 2020) and colon (Sontheimer-Phelps et al., 2020) have been successfully generated in combination with co-cultures of intestine-specific endothelium. For the colon chip in particular, the use of this technology to generate a continuously perfused culture at 60 μL/h (∼0.0692 mPa) supports accumulation of a mucus bilayer with impenetrable and penetrable layers, and a thickness similar to that observed in the human colon which can be analyzed non-invasively in real time (Sontheimer-Phelps et al., 2020).

In Micronit’s gut-on-chip model, Caco-2 cells are subjected to flow at 100 μL/h producing a shear stress of ∼0.02–0.17 mPa at the cell surface (Kulthong et al., 2020). Following culture in this manner for 21 days, caco-2 cells form a continuous epithelium with greater height than equivalent transwell cultures that have an enhanced barrier function. Caco-2 cell differentiation was comparable with static cultures in this model (Kulthong et al., 2020).

In Mimetas’ 3-lane Organoplate®, perfused intestinal tubules can be cultured in a high throughput manner as a mono-culture or co-culture with immune cells or blood vessels and stromal tissue to generate a model of the intestinal epithelium (Trietsch et al., 2017). The inclusion of stromal tissue interactions is an important factor for replicating physiological cellular interactions. In this system, Trietsch et al. (2017) cultured Caco-2 cells against an ECM gel, which proliferate upon application of bi-directional flow to form a confluent tube. Perfusion is critical for tubule formation. Beaurivage et al. (2019) have recently used this model to mimic the effects of Escherichia coli-activated DCs on the intestinal epithelium. Through the addition of a cytokine cocktail of IL-1β, tumor necrosis factor α (TNF-α) and interferon-γ (IFN-γ), they were able to replicate the loss of barrier function observed in irritable bowel disease (Beaurivage et al., 2019). Similar results were achieved using iPSCs which can be induced to undergo differentiation within the Organoplate® to express mature intestinal markers, including markers for Paneth cells, enterocytes and neuroendocrine cells (Naumovska et al., 2020).

In addition to drug efficacy, biomechanics can also mediate pathogen infectivity. In the small intestine, the incorporation of both fluid flow (30 μL/h, fluid shear: 0.346 mPa) and tensile strain (10%, 0.15 Hz) mimicking peristalsis promotes formation of a more physiologically relevant 3D architecture. Grassart et al. (2019) observed that these mechanically active intestine chip cultures better replicate bacterial infection uncovering a mechanism whereby Shigella flexneri exploits the epithelial crypt microarchitecture and active biomechanics to efficiently invade the intestine. In the region of 70% of all drugs are administered orally (Brandstaeter et al., 2019). Their processing and effectiveness depend crucially on gastric mechanics thus the incorporation of active biomechanical stimuli into OOC gut models is essential to the successful use of this technology.



Kidney Models

Several OOC models have focused on the kidney proximal tubule as the site at which active clearance, reabsorption, intracellular concentration, and local interstitial accumulation of drugs primarily occurs. The epithelium in this region is continually exposed to shear stress in the region of 0.02 Pa as the result of constant flow of the glomerular filtrate which influences cell morphology causing alignment and elongation of kidney epithelial cells in the direction of flow (Vriend et al., 2020), and modulates expression of apical and basolateral transporters and sodium transport (Duan et al., 2010).

Nephrotoxicity is a major cause of drug attrition during pre-clinical pharmaceutical development and is responsible for almost 20% of failures during Phase 3 clinical trials underlying the limitation of current methodologies (i.e., 2D cell culture and animal models) to predict the human response. The inclusion of biomechanical stimuli in kidney models examining drug toxicity is essential as exemplified by the use of both the OrganoPlate® (Mimetas) and Chip-S1 (Emulate) systems which show that both albumin uptake and drug efflux are enhanced in response to fluid shear stress despite the differential use of uni-directional and bi-directional flow in these models (Jang et al., 2013; Vriend et al., 2020). Jang et al. (2013) report that cisplatin toxicity more closely replicates the in vivo response observed than traditional culture techniques. Thus, the use of these models which incorporate biomechanics to screen for kidney injury early in the drug discovery process will provide greater capacity to predict responses in humans.



Musculoskeletal Models

The nature and magnitude of biomechanical stimuli experienced by the musculoskeletal system are highly varied both between connective tissue types and within them due to the extreme forces that must be endured during physical activity. These mechanical stimuli are essential to the health and maintenance of the tissue; regulating cell morphology, proliferation matrix production and catabolism. Articular cartilage is routinely exposed to diverse mechanical stimuli consisting of compressive, shear and tensile strains as well as associated alterations in fluid shear and osmolality as a result of normal physical activity (Knecht et al., 2006). Energy-storing tendons like the Achilles are designed to stretch and recoil to increase efficiency during locomotion and are thus subjected to high magnitude stresses and strains during exercise. In the bone, oscillatory fluid flow generated by compressive loading generates shear stress in the lacunar-canalicular network which influences both the maintenance and healing of bone tissue and is essential for bone health. Inappropriate cellular responses to these stimuli result in the disruption of tissue homeostasis and can lead to conditions such as tendinopathy and osteoarthritis (Felson, 2013; Dean et al., 2017). Thus, the incorporation of biomechanical stimuli into OOC models of the musculoskeletal system is essential. However, few commercial systems have been used to develop models in this field to date.

Existing models from Emulate, Micronit and TissUse have focused on bone or bone marrow while models for muscle, cartilage or tendon are overlooked. This is likely due to the difficulty in replicating the complex architecture of these tissues and the more dynamic biomechanical environment the cells experience. A bone-on-a-chip generated using Emulate’s Chip-S1 (Figure 3B) utilizes an inducible, MSC-bone morphogenic protein-2 (BMP-2) overexpression system cultured on one side of the membrane to examine osteogenic differentiation under flow (Sheyn et al., 2019). In this system, cells grown on Bone-chips under flow (30 μL/h, shear stress: 0.346 mPa) showed enhanced survival and proliferation relative to cells grown under static conditions. MSCs cultured in this manner exhibited greater expression of the osteogenic markers osteopontin, bone sialo-protein, and collagen type I, despite the use of constant flow in this system (Sheyn et al., 2019).

Hydroxyapatite coated zirconium oxide scaffolds incorporated within the multiorgan chip (MOC) from TissUse combine tissue engineering techniques with OOC technology and have been used to generate bone-marrow-on-chip (Sieber et al., 2018). In this model, a cell seeded scaffold of MSC and multipotent haematopoietic stem and progenitor cells (HSPC) is cultured within the MOC which comprises two separate independent channel circuits, each hosting a single culture compartment interconnected by the channel system. One of these compartments is used for the cell scaffold, while the other functions as a medium reservoir. The flow rate (5 μL/min) is controlled by an on-chip peristaltic micro pump (frequency of 2 Hz for continuous dynamic operation) integrated into each circuit (Sieber et al., 2018). Long term culture of HSPCs is maintained in the MOC for a period of 28 days. The cells form a microenvironment reminiscent of the in vivo bone marrow niche within the scaffold, and remain in their primitive, undifferentiated state (Sieber et al., 2018).



PERSPECTIVES


Challenges Associated With Incorporating Biomechanical Stimuli in OOC Models

Incorporating appropriate physiologically representative biomechanical stimuli into OOC models is challenging. A major confounding factor in the replication of in vivo biology is tissue structure. Cells within their native environment can withstand significantly higher levels of mechanical stimulation due to the structural organization of the tissue. For example, joint loading during physical activity subjects articular cartilage to forces several times greater than body weight. However the unique anisotropic structure of this tissue (depth dependent variation in collagen fibril alignment and confinement of hydrated proteoglycan) allows these forces to be dissipated such that the cellular strains experienced by chondrocytes are actually much lower (Bergmann et al., 1993). Thus, further integration of OOC technology with tissue engineering techniques such as 3D bioprinting to achieve structurally aligned matrices or generate 3D scaffolds within chips, has the potential to create better representations of the mechanical environment within organ models. This could unlock new application areas for OOC, such as modeling fibrosis and tumor stroma.

The successful recapitulation of the in vivo biomechanical environment will also be dependent upon the ability of organ chips to incorporate multiple forms of mechanical stimuli within a single device. Thus far commercial systems have achieved the integration of stretch and flow (Emulate Inc., BI/OND; Figures 1A,B,D). However, to date no commercial systems are available which apply compression in organ chips. The incorporation of compressive strain into OOC systems will be essential to the development of multiple models particularly those mimicking the musculoskeletal system. Topography and geometric confinement (Figures 1G,H) provide two biomechanical cues which while not yet incorporated into the above reviewed commercial systems, could be easily integrated into future iterations of these to build biomechanical complexity. Moreover, integrating these stimuli into a single model presents significant technical challenges both in terms of the interactive effects these stimuli will exert upon each other (e.g., flow rate changes as the result of stretch induced changes in channel volume and shape) and the increased complexity of the biological outcome. To replicate the body’s fluid shear conditions more accurately, organ chips should feature greater ranges of fluid shear levels and more variable types of flow such as oscillatory or pulsatile flow. Once again, the successful integration of these stimuli will enhance the accuracy of organ models and thus better replicate tissue function in health and disease.

A caveat to increasing the biological complexity of these models is the conflict this represents with analytical requirements such as real-time imaging, sampling, and scaling to increase throughput. Moreover, more complex models will likely produce more complex outputs due to additional cellular and matrix interactions which could be difficult to interpret.

One of the many advantages of OOC systems are that they have the potential to be accessible in ways that cannot easily be achieved in vivo. Thus, the ability to culture cells for extended periods with regular sampling of culture media and cellular by-products are a necessary feature. Mechanical stimuli within OOC systems could also be used more generally to improve mechanobiological studies. Therefore, researchers must be able to monitor both the cells and their responses in real-time in a non-destructive manner using existing research methodologies for this technology to be adopted more readily. At the same time, for these systems to be successful within the pharmaceutical industry, they need to be high throughput and have the potential for significant automation of downstream analyses. This undoubtedly presents significant technical challenges relating to the development of robust standardized equipment supporting these organ chips for the application of multiple types of stimuli at consistent, and tightly controlled levels.

The use of OOC technology for diagnostic approaches or to deliver personalized medicine is highly attractive. The incorporation of this technology into clinical practice to determine drug responsiveness of patient samples and inform clinical decisions means that these models must be established in a highly standardized manner and subjected to well-defined mechanical input to deliver clear outcomes.



How Much Mechanobiology Do We Need?

Organ-on-chip models incorporating active mechanical stimuli have arrived at similar findings demonstrating the crucial role of biomechanics in replicating in vivo behavior and dictating drug response. In this review, we identify several studies demonstrating that incorporation these stimuli into OOC models has the potential to create more sophisticated organ models that better represent the in vivo scenario. In vascular models, appropriate modulation of inflammatory responses is observed at shear stress levels far below those found in vivo (Benam et al., 2016a, b; Poussin et al., 2020). In the airway, stretch influences viral entry and drug efficacy (Si et al., 2020). In the kidney, the application of apical shear stress modulates drug uptake and nephrotoxicity (Duan et al., 2010; Vriend et al., 2020). While in the intestine, the inclusion of peristalsis-like stretch creates a more accurate representation of bacterial infection (Grassart et al., 2019).

These examples from different organ systems provide strong evidence to support the consideration of mechanobiology when designing in vitro OOC model systems to obtain a more accurate, reliable prediction of the human response prior to clinical trials. Ultimately, this will accelerate the drug development process by both identifying potential drug candidates earlier in the pipeline and by ruling out many of those that will fail in subsequent clinical trials. However, none of these models precisely mimic the entire in vivo biomechanical environment, rather focusing on a key stimulus delivered at approximately physiological intensities. These systems also do not account for pathological patient-specific biomechanics which typically deviate from what is considered physiologically normal and may be important in the use of OOC for personalized medicine. This begs the question, how accurately do biomechanical stimuli need to be replicated? Several commercial systems already incorporate a sufficient level of biomechanical stimulation to modulate drug efficacy in multiple organ models and are beginning to be adopted by the pharmaceutical industry in their current forms. The requirement for standardized systems suggests future research should focus on developing the biology within these existing systems. Validation of these OOC systems in a clinical context requires the replication of in vivo human biology, which must provide the benchmark when considering the extent to which mechanical stimuli should be incorporated. A greater understanding of how individual forms of biomechanical stimuli influence cell behavior in both health and disease is therefore required to develop these models and enhance their ability to predict drug performance in humans.
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Hollow organs and tissue systems drive various functions in the body. Many of these hollow or tubular systems, such as vasculature, the intestines, and the trachea, are common targets for tissue engineering, given their relevance to numerous diseases and body functions. As the field of tissue engineering has developed, numerous benchtop models have been produced as platforms for basic science and drug testing. Production of tubular scaffolds for different tissue engineering applications possesses many commonalities, such as the necessity for producing an intact tubular opening and for formation of semi-permeable epithelia or endothelia. As such, the field has converged on a series of manufacturing techniques for producing these structures. In this review, we discuss some of the most common tissue engineered applications within the context of tubular tissues and the methods by which these structures can be produced. We provide an overview of the general structure and anatomy for these tissue systems along with a series of general design criteria for tubular tissue engineering. We categorize methods for manufacturing tubular scaffolds as follows: casting, electrospinning, rolling, 3D printing, and decellularization. We discuss state-of-the-art models within the context of vascular, intestinal, and tracheal tissue engineering. Finally, we conclude with a discussion of the future for these fields.
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INTRODUCTION

Function of the human body is dependent on tubular tissues and tissue structures. These tissues, including vasculature, the intestines, the trachea, and many others, serve various roles in the body, ranging from absorption of nutrients to transport of oxygen. As may be expected given the broad assortment of functions associated with tubular tissues, these structures are susceptible to a variety of diseases and traumas. As such, significant focus has been placed on the generation of models of tubular systems for studies in disease, basic science, and drug discovery/efficacy. Many of these models utilize tissue engineering principles to recreate the function of these systems on the benchtop without requiring use of animal models (Bitar and Raghavan, 2012; Seifu et al., 2013; Law et al., 2016). The methods used to manufacture these tissue engineered systems play a major role in their resultant function. Here, we review the construction of tissue engineered systems for generating tubular models.

Tubular tissues have many unifying structural characteristics despite their various functions. Generally, these tissues are constructed in a lamellar manner, with sequential layers of tissue surrounding an internal opening. This opening, called the lumen, is where transport and containment of the specific medium for a particular tubular tissue occurs. This lumen is lined with a set of barrier-forming cells, called an epithelium (or endothelium in the case of vasculature). This structure functions to separate the internal contents of the lumen from the surrounding tissues and organs, while allowing selective permeation and transport across the epithelium. The epithelium is situated on a bed of extracellular matrix (ECM), which provides structural support for the lumen and the epithelium (Hendow et al., 2016). This ECM layer can be present in various forms, but it generally consists of cells embedded in connective tissue, including various proteins like collagen, elastin, etc. Depending on the function of the particular tissue, other tissue layers may also be present. For example, given the role of vasculature in moving blood throughout the body, blood vessels often contain a layer of smooth muscle, which assists in the vasodilation and constriction in the vascular system. Regardless of the particular function for a tubular tissue, the main purpose of these structures involves the separation of one media from another, guiding and transporting various fluids, gases, and solids.

Tissue engineering is the combination of cells and a template to generate a structure that recapitulates the native function of a specific tissue or tissue system. Often the template is a scaffold or hydrogel on which the cells can proliferate and produce ECM. Here, we discuss scaffolds and hydrogels nearly synonymously, as the manufacturing methods for producing a tubular scaffold versus a tubular hydrogel do not necessarily differ. However, these structures possess different fundamental properties, and each should be considered independently for a given application. An understanding of the native function and physiology of a tissue is often sufficient to inform the choice of cells and scaffold materials for a tissue engineered application. However, scaffold design is challenging, given the need to create a supportive structure for cells to grow and create the desired tissue, without impinging on the overall function of the resultant structure. These challenges are especially prominent in the design of tubular systems, given the need to create an intact lumen that can support the formation of an epithelium and other components. Various manufacturing approaches have been utilized for production of scaffolds, including casting, electrospinning, rolling, three-dimensional (3D) printing, and decellularization.

Determination of the resultant properties in tubular systems can be difficult, particularly due to geometry. Besides the manufacture of a tubular scaffold, characterization of the interaction between cellular and scaffold components, as well as their combined structural integrity, is fundamental. For example, the formation and continued integrity of the epithelial or endothelial barrier ensures the selective permeability of essential nutrients and metabolic by-products, while preventing the entrance of noxious or pathogenic compounds. Thus, without successful barrier formation, and characterization of such, the functionality and even survival of these models would be limited. Equally, any drug transport studies would be rendered invalid if barrier formation was insufficient. Intercellular junctions, provide this barrier function and consist of various proteins, such as cadherins, zonulin-1 (ZO-1), etc. Generally, membranes like the intestinal epithelium possess tight junctions, which highly regulate ionic/molecular passage across the epithelium, whereas the vascular endothelium, for example, is more permeable.

In this review, we discuss techniques commonly used to generate tissue engineered scaffolds for tubular systems. Our aim is to provide a categorization of the available methodologies for scaffold production to assist tissue engineers in navigating this extensive field. As such, we have chosen to focus on three specific tissue systems that represent various design challenges in the field: vasculature, the intestine, and the trachea for recapitulating the functions of many tubular tissue systems present in the body. Initially, we discuss the anatomy of these systems and some of the general criteria for tubular scaffold design. Then, we categorize the available scaffold manufacturing techniques. We proceed to examine some the applications of these techniques for our chosen tissue systems. Finally, we conclude with a discussion of the future for tissue engineered scaffold design for tubular tissue systems.


Structure of Native Tubular Tissues

Various tubular tissues are present in the body, including the vascular system, digestive system, respiratory system, lymphatic system, reproductive system, and many others. As discussed above, we have chosen to highlight vasculature, intestines, and the trachea, as these applications are some of the most widely researched in terms of generation of tubular tissue engineered models (Bitar and Raghavan, 2012; Seifu et al., 2013; Hendow et al., 2016; Law et al., 2016). Additionally, these systems possess various functions that differentiate them from one another with respect to design. Below, we discuss the specifics of the structure and physiology for each of these systems.


Vascular Structure

The primary role of the vascular system is the transport of blood throughout the body at relatively high velocities (Riva et al., 1985; Klarhöfer et al., 2001), generating significant fluid shear stress on the walls of a blood vessel (Akintewe et al., 2017). Additionally, the vascular endothelium is relatively permeable, allowing transport of biochemical factors through the vascular wall and even cells during some disease states (Park-Windhol and D’Amore, 2016). Blood vessels range in size from capillaries and microvasculature, which are only microns in diameter (Sieminski and Gooch, 2000), to larger veins and arteries, which can be ∼30mm in diameter in the case of the pulmonary artery (Kuriyama et al., 1984). Small capillaries, such as those that make up the blood brain barrier, can consist of only one cell, wrapped onto itself to create the interior lumen (Abbott et al., 2006). However, we will focus on larger blood vessels that have a lamellar structure divided into three layers (Figure 1A): the tunica intima, tunica media, and tunica adventitia. Generally, the intima contains the endothelium, the media is composed of a layer of smooth muscle, and the adventitia consists of a layer of connective tissue (James and Allen, 2018). The endothelial layer of cells makes up the vascular wall. These cells form a semi-permeable membrane that allows transport of nutrients, oxygenation, and waste removal from surrounding tissues (Park-Windhol and D’Amore, 2016). The layer of smooth muscle in the tunica media aids in control of vasodilation, which can regulate local blood flow. Lastly, the tunica adventitia provides support for the internal layers in addition to housing a variety of nerves, immune cells, and other support systems for vasculature (James and Allen, 2018). The heart pumps blood through the luminal compartment of these vessels. This pumping creates relatively high rates of fluid flow, ∼30 mL/min (Klarhöfer et al., 2001), thereby generating significant fluid shear on the walls of vasculature, which is an additional necessary consideration in any tissue engineered model.
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FIGURE 1. (A) Structure of native tubular tissue systems. Specifically, this schematic highlights the structure of vasculature, the intestines, and the trachea. (B) Typical structure for tissue engineered tubular systems corresponding the native systems in (A).




Intestinal Structure

The intestines are a portion of the gastrointestinal tract, which extends from the mouth, through the esophagus, the stomach, the small intestines, the large intestines, and finally to the rectum and anus. The main function of the intestine is to absorb nutrients from food and liquids we ingest and expel the remaining waste out of the body, with each portion of the gastrointestinal tract consisting of four layers. Starting from the interior lining of the lumen, these layers are the mucosa, submucosa, muscularis propria, and serosa (Figure 1A). In this review, we focus on the intestines and describe the layers in the context of these organs, versus other portions of the gastrointestinal tract. The mucosa contains the intestinal epithelium and has absorptive, secretory, and protective functions. The intestinal epithelium is a tight barrier system, robustly separating the interior contents of the lumen from the surrounding tissue (Suzuki, 2013). Intestinal epithelial tissue has a complex 3D structure, consistent of luminal projections, called villi, with intermediate invaginations, called crypts (Santos et al., 2018). This 3D architecture maximizes interior surface area, aiding in nutrient adsorption (Rao and Wang, 2010). The intestinal epithelium consists of numerous cell types with various functions, which have a semi-regimented distribution along this 3D structure. Generally, these cells and their respective functions are as follows: enterocytes – absorption of nutrients and formation of intestinal barrier; goblet cells – secretion of mucin; enteroendocrine cells – sensing of nutrients and microbes and communication with the enteric nervous system; transit amplifying cells – differentiation toward secretory or absorptive lineages; as well as tuft cells, Paneth cells, intestinal stem cells, and others (Santos et al., 2018). These epithelial cells are adhered to the lamina propria, a layer of connective tissue, which is surrounded by a sheet of smooth muscle cells. The next layer is the submucosa, which contains a series of immune cells, nerves, and lymphatic cells. This layer is surrounded by the muscularis propria, which provides peristaltic pumping through muscle cells, performing the critical function of gut motility. Finally, the outermost layer is the serosa, or in some cases the adventitia depending on the present populations of cells, which forms a barrier around the gastrointestinal tract (Rao and Wang, 2010). The gut also possesses a complex series of nerves called the enteric nervous system, which consist of two parallel nerve plexi, the submucosal plexus and myenteric plexus, which run along the length of the gastrointestinal tract (Furness, 2012). Lastly, the interior of the gut contains a large cohort of bacteria, called the gut microbiome, which can influence various other organs throughout the body (Cryan et al., 2019), in addition to further complicating tissue engineered design.



Tracheal Structure

The trachea is fundamental in swallowing, speech and respiratory processes. It resides below the upper airways (nasal cavity, larynx, pharynx) and forms part of the lower airways (trachea, bronchi, bronchioles, alveoli), with its main function to conduct and warm air (Brand-Saberi and Schäfer, 2014). The trachea is comprised of four main layers (Figure 1A): mucosa, submucosa, hyaline cartilage, and adventitia. The mucosa contains a pseudostratified epithelium, which lines the lumen and contains many cell types including secretory club cells, ciliated cells, mucus producing goblet cells, basal stem cells, and pulmonary neuroendocrine cells. Ciliated, mucus-producing, and secretory cells act in coordination to aid mucociliary clearance and protection against infection, while basal cells aid in regenerative processes (Brand-Saberi and Schäfer, 2014). The submucosa is a connective tissue layer containing submucosal glands, which contribute to mucus secretion. The cartilage layer consists of horseshoe-like rings of hyaline cartilage joined by fibroelastic tissue, which, is closed posteriorly by a membranous structure consisting of longitudinally oriented smooth muscle. Lastly, the adventitia consists of connective tissue. Both the cartilage and adventitial layers are fundamental in producing the unique structural and mechanical properties of the trachea. For example, the specific flexibility which permits the rotation and flexion of the neck while also maintaining sufficient structural strength to withstand compression and pressure alterations during respiratory processes. In order to reflect and integrate with the in vivo environment, tracheal tissue engineered models must adhere to these mechanical requirements (Boazak and Auguste, 2018). The adventitia also houses numerous other cell types, such as fibroblasts, adipocytes, nerves, and connections to vasculature, which is essential in meeting blood, nutrient, and metabolic demands. The respiratory system requires an air-liquid interface between the interior of the lumen and the surrounding epithelium (Pezzulo et al., 2011; de Souza Carvalho et al., 2014), creating a different environment from the fluidic environments of the vascular and intestinal systems, which can be difficult to produce in tissue engineered models. Unlike the in vitro models discussed for vasculature and the intestine, the outlook for tracheal tissue engineering so far largely concerns implantable scaffolds for tracheal replacement (Bogan et al., 2016; Law et al., 2016; Etienne et al., 2018). Indeed, the trachea is subject to a range of airway disorders which may result from infection, stenosis, collapse, or cancer (Etienne et al., 2018). The rise of biomedical engineering approaches, which recapitulate tracheal tissue, have been largely motivated by these applications. Here, we will discuss some of these studies, which focus on implant generation, and how they can be further developed for use as benchtop disease models.




Design Criteria for Tissue Engineering Tubular Systems

The physiology of tubular tissues is often complex, requiring various factors to produce an approximate model of the desired tissue. Generally, tissue engineered systems utilize a cell type (or types) in combination with a scaffold to recreate the primary function (or functions) of the tissue. However, choosing appropriate cell types and scaffold architectures can be difficult. Here, we have highlighted some of the necessary design criteria to consider for manufacturing a scaffold for tubular tissue engineering (Table 1).


TABLE 1. Design criteria for tubular tissue engineered scaffold development as a function of tissue type.
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Scaffold design for tubular systems presents a variety of challenges. First, one must consider the source and types of cells, with any tubular system requiring a source of epithelial cells. However, the exact behavior of these cells will vary depending on the tissue in question. Epithelial cells are often co-cultured with ECM-producing cells like fibroblasts or smooth muscle cells (Boland et al., 2004; Yoshikawa et al., 2011; Chen et al., 2015), but even the type of matrix-producing cell can vary depending on application. For example, the trachea requires production of cartilaginous ECM using chondrocytes (Lin et al., 2009) or mesenchymal stem cells differentiated along chondrogenic pathways (Asnaghi et al., 2009; Haykal et al., 2014). Different tissues will also require different supporting cells. For example, native intestinal epithelium contains goblet cells for producing mucus (Dosh et al., 2019). Both native vasculature and intestine possess a layer of musculature (Boland et al., 2004), necessitating sourcing of appropriate muscle cells. We have summarized some common cell lines or primary cells used to reconstitute native function in tissue engineered models (Table 2).


TABLE 2. Commonly used cells for tissue engineered models of vasculature, the intestine, and the trachea.
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A major requirement for every tubular scaffold is the formation of a contiguous epithelial or endothelial lining (Figure 1B). Cells are most effectively seeded homogenously on two-dimensional (2D), non-porous surfaces, such as cell culture flasks, or in injectable media, such as hydrogels. However, tubular scaffolds are not flat and, generally, are porous. Therefore, the necessity for homogenous seeding on a 3D surface, requires alternative methodologies. For example, researchers have seeded cells onto flat membranes and then rolled these membranes into tubes (Yuan et al., 2012; Cheng et al., 2017; Zhao et al., 2018). Other studies have used dynamic methods, relying on the cells to adhere homogenously to the surrounding walls through rotational or pressurized actuation (Niklason and Langer, 1997; Godbey et al., 2004; Nieponice et al., 2008). Porous scaffolds are beneficial in that they provide greater access to media by cells, but these pores also make the formation of a contiguous epithelium difficult. Some studies have back-filled pores with ECM-producing cells or depositing cells in a layered approach to assist in the formation of an epithelium (Liu et al., 2015; Chen et al., 2015). Many implant-driven studies also rely on cell infiltration in vivo. All of these methods have limitations, but continuous iteration has improved the feasibility of accomplishing this particular task for tubular tissue engineering.

Another necessary design consideration is provision of nutrients to all cells in the system. Tubular systems will inherently contain epithelial cells, but they may also contain supporting cells, present underneath the epithelium (Figure 1B). In the case of vascular systems, these underlying cells can theoretically receive nutrients through the endothelial wall, as the vascular endothelium is inherently permeable for this purpose. However, intestinal and respiratory tissue engineering presents a particular challenge, as the lumen should not be used to provide nutrients to any of the cells in the system, given the function of these tissues (Bitar and Raghavan, 2012). In the body, nutrients are provided to the tissues underlying the epithelium by surrounding vasculature. To mimic native tissues, tissue engineered models rely on perfusion of the scaffold with media to simulate nutrient transport. However, separation of the luminal compartment from the surrounding scaffold is difficult. Custom bioreactors can accomplish this task (Haykal et al., 2014; Zhou et al., 2018), but bioreactor design and setup also complicate culture for the system.

Secondary design criteria relate to the specific function of the tubular system. For example, vascular systems often induce fluid movement to mimic blood flow. As such, vascular systems utilize external pumps, typically with pulsatile pumping patterns (Niklason and Langer, 1997; Niklason et al., 1999; Opitz et al., 2004), which also necessitates the ability of the scaffold to withstand mechanical forces that result from pumping, i.e. pressurization and fluid shear (Figure 2). Fluid shear is also known to drive vascular endothelial phenotype and morphology (Wang et al., 2013; Wang et al., 2016a; Polacheck et al., 2017) and regulates angiogenesis in vitro (Song and Munn, 2011; Galie et al., 2014), which can be beneficial in different tissue engineering models. An accurate intestinal model requires peristaltic pumping to mimic gut motility. Peristalsis has been achieved using external bioreactors (Zhou et al., 2018), but bioreactors are often custom-made, requiring further design and optimization. Secondarily, native intestinal environments contain a bacterial cohort. Inputting of bacteria into a tissue engineered lumen is feasible (Costello et al., 2014) but also further complicates culture conditions. Other systems, like the trachea, require the presence of air in the lumen, which can make culture condition more complex. Many studies have utilized bioreactors that rotate the tubular tracheal scaffold along its axis with half of the scaffold submerged in media and the other half in air to create an air-liquid interface (Lin et al., 2009). However, this approach is not ideal for biomimetic studies assessing drug delivery, given its dissimilarities to the native tracheal environment.
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FIGURE 2. Stresses present for dynamic flow of a fluid through a tube. (A) Pumping a liquid or gaseous medium through a tube will generate a pressure on the tube walls. The highest stress resultant from this pressurization is the hoop stress (σh). Any scaffold must possess sufficient strength to compensate for this hoop stress. (B) Fluid movement will also result in a shear stress (τs) on the walls of the tube. Generally, these factors (σh and τs) can be calculated based on the geometry of the tube, i.e., wall thickness (t) and inner radius (r), the pressure (p) on the tube walls, the flow rate of the fluid (v), and the viscosity of the fluid. However, these calculations are complicated by scaffold porosity and the potential for effects of cell growth on the scaffold over the course of an experiment.





METHODS FOR FABRICATING TUBULAR SCAFFOLDS

Various methodologies can be used to produce tubular scaffolds for tissue engineering. We have divided these techniques into five categories (Table 3) to assist in experimental design and planning. Below, we have discussed the general methodologies for each technique, while also addressing their benefits and limitations. Other reviews have also examined general strategies for tissue engineering tubular systems (Bitar and Raghavan, 2012; Seifu et al., 2013; Hendow et al., 2016; Law et al., 2016; Song et al., 2018).


TABLE 3. Categorization of techniques for manufacturing tubular scaffolds for tissue engineering.
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Casting

Casting is one of the most commonly used manufacturing techniques across the entirety of the tissue engineering field. The basis for this methodology is the pouring or injection of a liquid into a mold, at which point the liquid is induced to form a solid structure. The liquid can be derived from a variety of means, including the melting and solidification of a material (Im et al., 2019), the solubilization of a material in a solvent and subsequent evaporation of the solvent (Mooney et al., 1995; Opitz et al., 2004; Nieponice et al., 2008; Ma et al., 2010; Zakhem et al., 2012), or the cross-linking (Matsuda, 2004; Guo et al., 2017) or gelation of a material into a solid or semi-solid structure, such as a hydrogel (Wang et al., 2014; Strobel et al., 2018b). Casting is also applicable within the context of more complex molding techniques, such as vacuum-assisted tube formation (Singh et al., 2017), and for the formation of more complex structures (Ladd et al., 2018). As may be expected, the chosen material will dictate the mechanism. In the case of some hydrogels, particularly biomolecular gels, e.g., collagen, fibrin, etc., cells can be cast with the gel (Seliktar et al., 2003; Swartz et al., 2005; Liu et al., 2007; Naito et al., 2011; Atchison et al., 2017, 2020). This method is convenient and widely applicable, as it can be used to produce a variety of geometries and shapes with homogenous cell populations and is compatible with other manufacturing methods (Atchison et al., 2017; Iannucci et al., 2019). However, a secondary seeding step is often still necessary to create the stratified cellular structure of native tubular tissues, even when using homogeneously seeded hydrogels.

In tissue engineering cases, the inclusion of pores in the final structure is often necessary to provide nutrient access for seeded cells. Pores can be created in variety of manners but are often produced using a secondary material or porogen that can be removed through post-processing, leaving a pore in its place. Various porous scaffolds have been produced using ice templating (Boccaccini et al., 2005; Shin’oka et al., 2005; Nieponice et al., 2008; Ma et al., 2010; Zakhem et al., 2012; Chen et al., 2015; Roh et al., 2019). This process involves freezing a solution or mixture of water and the scaffold material, followed by sublimation of the ice, also called lyophilization, leaving pores in the resultant solid structure. Alternatively, pores can be produced by including orthogonally soluble solids in the casting solution. For example, salt can be included in solvent-cast polymeric solutions and then washed out with water after solvent evaporation (Mooney et al., 1995; Sin et al., 2010; Costello et al., 2014). This technique is only feasible for highly porous materials, because lower porosities will prevent access for porogen removal.

Casting is simple, convenient, and compatible with a wide range of materials, with examples showing the application of casting techniques for the production of complex models with stratified layers of cells (Figure 3). However, various factors can complicate the casting process, including the construction of larger objects, objects with inconsistent cross-sections, or objects with internal cavities. In these cases, mold design is particularly important. Inclusion of vents can ensure filling of the entire mold. However, releasing the resultant material from a mold can also be difficult, depending on the material. Regardless, complex shapes can be cast to generate useful, tissue-like structures (Wang et al., 2014). Another negative factor affecting casts, particularly solvent cast polymers and some porogen forming techniques, is the presence of remnant solvent or toxic porogens that can negatively affect cell growth. These issues can be avoided with proper handling and preparation of the cast. Seeding cells into cast tubes can also be difficult, as discussed above. Many studies seed cells into the lumen through pipetting. However, the scaffolds often need to be rotated (Opitz et al., 2004; Atchison et al., 2017, 2020) or subjected to another form of dynamic seeding (Godbey et al., 2004; Nieponice et al., 2008) to reach homogeneous seeding on the interior lining of the scaffold. Nevertheless, casting remains a commonly used mechanism for tubular scaffold production given its customizability and wide range of accessible materials. Further, the resultant tubular scaffolds are repeatably manufacturable, requiring no further steps for assembly after the initial cast. These factors make this technique widely applicable in the field of tubular tissue engineering and beyond.
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FIGURE 3. Example of tubular scaffold for intestinal tissue engineering constructed through the casting process (Chen et al., 2015). (A) Schematic showing scaffold production. Silk is lyophilized in a mold to create a porous scaffold with a central lumen. Cells are seeded into the scaffold and into the interior of the lumen. (B) Image showing scaffold lumen. Scale bar is 4 mm. (C) Immunostain for ZO-1 and cell nuclei (DAPI). Scale bar is 100 μm. (D) Scanning electron microscopic (SEM) image of epithelial lining. Scale bar is 1 μm. (E) Alkaline phosphatase (ALP) staining for ALP enzymatic activity on interior lining of lumen. Scale bar is 200 μm. (F) Confocal z-stack of cells in scaffold immunostained for SM22a, a marker for myofibroblasts. Scale bar is 50 μm. Images were reordered from multiple panels, and lettering has been relabeled for consistency as part of this review article (Chen et al., 2015). These images are reprinted under Creative Commons Attribution 4.0 International License, available at http://creativecommons.org/licenses/by/4.0/.




Electrospinning

Electrospinning techniques involve the solubilization of a polymeric or biomolecular material, which is ejected from a syringe. During the electrospinning processes, the fluid is charged through an applied voltage and directed toward a neutral or oppositely charged mandrel. The solvent evaporates as the material travels toward the mandrel, creating nanofibers. For the formation of tubular scaffolds, the mandrel is typically rotated during the extrusion process. The resultant mesh of nanofibers can be removed from the mandrel, producing a mesh-tube (Rocco et al., 2014), with examples producing contiguous tubular structures that are compatible with cell-seeding (Figure 4). In many cases these meshes are combined with secondary electrospinning, deposition, or casting techniques to change the properties and/or structure of the scaffold. The process of electrospinning, particularly for scaffold production, has been covered extensively in previous reviews (Pham et al., 2006; Rocco et al., 2014).
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FIGURE 4. Example of electrospinning process for manufacturing a tubular scaffold for vascular tissue engineering (Lee et al., 2007). (A) Schematic of electrospinning process. (B) Schematic of spinning mandrel for tubular scaffold production. (C) SEM image of bulk scaffold, produced from collagen, elastin, and polymeric mixture, at 18x magnification. (D) SEM image of scaffold from inset in (C) at 500x magnification. (E) Hematoxylin and eosin histological stain of scaffold seeded with smooth muscle cells. Images were reordered from multiple panels, and lettering has been relabeled for consistency as part of this review article (Lee et al., 2007).


Electrospinning provides a high degree of control over the resultant “pore” size of the mesh and the mechanical properties of the fibers. This process is also compatible with numerous materials that are suitable for scaffold production (Figure 4). Most electrospun scaffolds have been produced using polymers, or polymers mixed with ECM proteins (Vaz et al., 2005; Buttafoco et al., 2006; Lee et al., 2007; Smith et al., 2008; Wang et al., 2009; Yoon and Kim, 2010, 201; Han et al., 2011; Du et al., 2012; Hinderer et al., 2012; Zhang et al., 2013; Knight et al., 2013; Fu et al., 2014; Ott et al., 2016; Mahoney et al., 2016; Zhou et al., 2016; Wu et al., 2017; Ju et al., 2017; Best et al., 2018; Strobel et al., 2018a; O’Leary et al., 2020). However, some scaffolds have purely utilized proteins (Boland et al., 2004). Electrospun scaffolds suffer from the same disadvantages as the cast scaffolds above, namely toxicity from remnant solvent and potential difficulties in homogeneous cell seeding. However, both of these criteria have been examined extensively. A similar technique to electrospinning, called gel spinning, has also been used for tubular scaffold production, where high viscosity gels are extruded onto a spinning mandrel (Lovett et al., 2008; Rodriguez et al., 2019). Generally, electrospinning and other similar techniques have been widely and successfully applied for the production of tubular scaffolds.



Rolling

Rolling mechanisms involve the rolling of a flat substrate into a tube. Rolling is usually accomplished using a mandrel to manually roll the substrate. However, some studies have generated tubes with stratified cell layers using a self-assembly mechanism based on properties of the underlying substrate (Figure 5). Some of the earlier studies to produce tubular scaffolds for tissue engineering used rolling methodologies. Generally, these studies would produce a polymeric sheet and stitch the sheet into a tube (Niklason and Langer, 1997; Niklason et al., 1999; Niklason et al., 2001; Gui et al., 2011; 2016). Other studies developed the use of cell-derived ECM sheets that were rolled into tubes using a mandrel (L’Heureux et al., 1998, 2006; Pricci et al., 2009; Konig et al., 2009; Gauvin et al., 2010; Jung et al., 2015). This approach was particularly interesting in its use of only biological materials. In these studies, ECM-producing cells were grown to confluence. The resulting ECM sheet was then detached and rolled into a tube, where further cells could be seeded. One study used an electrospun scaffold to assist in rolling a cell sheet into a tubular construct (Rayatpisheh et al., 2014). Other studies also focused on rolling polymeric sheets around a mandrel (Shen et al., 2003; Wang et al., 2016b, 2018). More recently, groups have developed self-assembling tubes. Self-assembly mechanisms or other rolling strategies that can be performed sterilely have the major benefit of allowing for cell seeding prior to rolling. Rolling is initiated in these studies using either mechanically tensioned sheets bound (Cheng et al., 2017) or shape-memory polymers (Zhao et al., 2018). In either of these scenarios, cells can be homogeneously seeded and cultured in 2D and then rolled into a 3D tube (Figure 5). This strategy allows for the effective production of a confluent monolayer of epithelial cells on a structure easily compatible with typical cell culture techniques, while still ultimately producing a tubular tissue engineered structure. However, once the structure has been rolled, the sealing of the tube from the free edges of the rolled substrate needs to be addressed. Many strategies simply use multi-layered tubes, but this approach can potentially limit media access to the basal side of the seeded cells. Alternatively, tubes can be closed with stitching, as described above, or through use of a sealant to seal the free edges of the tube (Grikscheit et al., 2002, 2004). Rolling is perhaps the only manufacturing method that most specifically applies to tubular scaffold production, and, as such, has had significant impact on this field.
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FIGURE 5. Example of rolling process for a vascular tissue engineered tubular construct (Cheng et al., 2017). (A–I) Schematic detailing process for producing cell-seeded, stress-induced rolling membrane (SIRM). (A–C) Poly(dimethyl siloxane) (PDMS) substrate is coated with poly(DL-lactide-co-glycolide) (PLGA) and poly(ε-caprolactone) (PCL) through electrospinning (ES) under high voltage (HV). (D–F) Resultant substrate is seeded with endothelial cells (ECs), smooth muscle cells (SMCs), and fibroblasts. (G–I) Scaffold is released from pre-stressed substrate, causing rolling. (J,K) Resultant stratified cell layers in rolled substrate: ECs are shown in green, SMCs are shown in blue, and fibroblasts are shown in magenta. Images were reordered from multiple panels, and lettering has been relabeled for consistency as part of this review article (Cheng et al., 2017).




3D Printing

3D printing, also known as additive manufacturing or bioprinting in some tissue engineering cases, is the process of forming a 3D structure in a layer-by-layer manner. Printing processes typically involve extrusion of a material from a nozzle or photo-crosslinking of an object from a liquid precursor. In extrusion-based 3D printing, a liquid material, similar to those used for casting approaches, is extruded from a nozzle onto a platform. The nozzle follows a fabrication path across the platform, generating a single layer of the ultimate desired shape. Once this layer has set, the nozzle ejects a second layer of material on top of the initial layer, thereby constructing a 3D object (Zhu et al., 2016). This type of 3D printing is compatible with most material types, including hydrogels and hydrogels containing live cellular populations. One study used polymeric scaffolds and cell-seeded hydrogels to produce layered structures containing multiple cell populations for construction of a tissue engineered trachea (Figure 6). For bioprinting applications, cell-seeded hydrogels or other cell-compatible, printable materials are often called bioinks. However, specialized printers can be required depending on the material. Another format of 3D printing involves the photo-crosslinking of a polymer precursor from a liquid bath. In these printers, the precursor is cross-linked and fused to a baseplate, which is moved in 3D as subsequent layers are crosslinked onto the initial layer, generating 3D structures in this manner. This type of printing is typically performed using a photo-initiated cross-linker, meaning that material choices are limited to those which can be constructed as such. Inkjet printing is also frequently used in biological applications, but this type of printing is not typically compatible with the creation of large, 3D scaffolds like those used for tissue engineering and, as such, will not be discussed here. Other novel types of printing are also being developed, which will undoubtably apply to the production of tubular scaffolds. Various reviews have specifically focused on 3D printing for tissue engineering and the available methods (Wang et al., 2015; Zhu et al., 2016; Galliger et al., 2019).
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FIGURE 6. Example of 3D printing process for construction of tissue engineered trachea (Park et al., 2019). (A) Image showing 3D printing of alginate into a cell-compatible hydrogel. (B) Image of 3D printed trachea. Scaffold consisted of 5 layers (innermost to outermost): gridded pattern of poly(capralactone), alginate hydrogel containing primary nasal epithelial cells, cylindrical pattern of poly(capralactone), alginate hydrogel containing primary auricular chondrocytes, gridded pattern of poly(capralactone). (C) SEM image showing lamellar structure of scaffold. (D–F) Fluorescence microscopy images showing stratified cell layers in scaffold cross-section. Epithelial cells are shown in green, and chondrocytes are shown in red. Images were reordered from multiple panels, and lettering has been relabeled for consistency as part of this review article (Park et al., 2019). These images are reprinted under Creative Commons Attribution 4.0 International License, available at http://creativecommons.org/licenses/by/4.0/.


A major advantage to the 3D printing process is the potential for easily customizable scaffolds and, when using compatible printers, the potential print materials containing live cells (Park et al., 2019; Cui et al., 2019). Unlike casting, this type of bioprinting is more easily compatible with the generation of stratified layers of cells. However, the resolution of bioprinters is often limited due to the viscous properties of biomolecular pre-gel solutions. Studies have directly examined the optimization of these properties to enhance bioprinting efforts (Diamantides et al., 2019). Excluding bioprinting, other 3D printed scaffolds suffer from the same drawbacks in cell seeding as cast or electrospun scaffolds but can still produce functional tubular scaffolds (Melchiorri et al., 2016; Gao et al., 2017; Rabionet et al., 2018; Hsieh et al., 2018; Park et al., 2018; Xia et al., 2019). 3D printing methodologies are also compatible with other techniques discussed in this review. For example, one study focused on the construction of a 3D printed scaffold, which was then molded with a cell-laden hydrogel through casting (Gao et al., 2019). Another study used a combination of 3D printing and electrospinning techniques (Ahn et al., 2019). Studies are now increasingly focusing on the use of 3D printing to create vascular structures (Abaci et al., 2016; Lei et al., 2019), which could potentially be used to provide nutrients to larger structures, such as intestinal models. Recently, some studies have printed a trachea directly using spheroid cell cultures (Taniguchi et al., 2018; Machino et al., 2019). These studies and others demonstrate the wide applicability and relevance of 3D printing in various areas of these fields.



Decellularization

Decellularization involves the production of a scaffold from native tissue. This field encompasses a wide variety of applications, from whole organ decellularization (Gilbert et al., 2006; Crapo et al., 2011) to decellularization of specific tissues and engineering of these structures for other uses (Lee et al., 2012; Boys et al., 2019). Generally, decellularization proceeds through the explanation of a native tissue and then treatment for the complete removal of cells from the tissue. For cell removal, the tissue is typically subjected to a series of washes with enzymes or detergents to lyse and remove the native population of cells. After removal, the resultant tissues are washed further or lyophilized to prepare the structure as a scaffold for tissue engineering (Gilbert et al., 2006). In tissue engineering applications, decellularized scaffolds may be used for allograft transplantation or implantation. However, the scaffold must also be re-seeded with an appropriate cellular population to recapitulate the desired tissue system in vitro (McFetridge et al., 2007; Xi-Xun et al., 2008; Yang et al., 2009; Neff et al., 2011; Zang et al., 2013; Bertanha et al., 2014). Recellularization is often accomplished through perfusion of the scaffold with a new cellular population. Decellularization methods are not reserved exclusively for mammalian tissues. Some studies have shown viable cell attachment and growth on cellulose scaffolds derived from applies (Modulevsky et al., 2014).

Decellularization has multiple advantages. First, the scaffold will inherently consist of a highly biocompatible material, which can assist in tissue production and maturation of the scaffold, with studies showing that similar cellular populations can be effectively re-seeded onto decellularized scaffolds. Typically, these scaffolds are also of sufficient mechanical strength for the specified application, given their origin. The scaffolds will also likely contain matrix-bound growth factors and other biochemical cues that can influence cell behavior upon re-seeding (Zhou et al., 2020). Some studies have also tissue engineered cell sheets, decellularized these sheets, and then used them for re-seeding with a new cellular population (L’Heureux et al., 1998; Quint et al., 2011). This approach can produce entirely biologically derived scaffolds (Figure 7), with the particular advantage of potential usage of only autologous cells and components. Decellularization has been used jointly with many other methods for tubular scaffold production. One study wrapped a cell-seeded, electrospun scaffold around decellularized aorta fitted with a cast polymeric stent as mechanical support for tracheal tissue engineering application (Ghorbani et al., 2017).
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FIGURE 7. Example of engineered decellularized scaffold for vascular engineering (Quint et al., 2011). Scaffolds were produced by seeding smooth muscle cells onto a poly(glycolic acid) mesh. The scaffolds were cultured until the cells produced a contiguous ECM throughout the mesh and the mesh was almost entirely degraded. At this point, the scaffolds were decellularized, resulting in a cell-derived ECM tubular scaffold. Ultimately, scaffolds were re-seeded with endothelial cells and implanted in a porcine model. (A) Image of decellularized tubular scaffold. (B) Hematoxylin and eosin histological staining of cross-section of scaffold. Hematoxylin and eosin staining of scaffold microstructure (C) before decellularization and (D) after decellularization. Scale bars are 500 μm. Images were reordered from multiple panels, and lettering has been relabeled for consistency as part of this review article (Quint et al., 2011).


Decellularized tissue will also usually maintain its native structure to some extent (Totonelli et al., 2012), which can be useful. However, the resultant properties of the decellularized tissue will likely be altered during the decellularization process (Partington et al., 2013). Decellularized tissues need to undergo significant characterization to ensure that the resulting scaffold can still be used in the desired application. Many studies have utilized decellularized tissues originating in regions differing from the ultimate region of application, i.e., use of decellularized amniotic membrane as a vascular scaffold (Lee et al., 2012). While this strategy may be very effective, the presence of matrix-bound growth factors that are not associated with the desired tissue can affect the behavior of the newly seeded cells. A major disadvantage to the use of decellularized scaffolds is sourcing the tissue for decellularization. Typically, researchers use xenografts, which can potentially initiate negative responses depending on the origin of the scaffold and re-seeded cells. Secondly, the use of tissue derived from organisms can induce high variability between scaffolds. However, with proper quality control and analysis, decellularized scaffolds are a powerful tool in the tissue engineering of tubular systems.



Other Methods

Various other methods exist for modeling tubular systems. Most notable among these is the use of microfluidic systems. Microfluidic systems typically utilize 2D cell culture, which is compatible with epithelial cultures. As such, various advancements in our understanding of cellular mechanisms have been developed through microfluidics. These structures are generally not tubular or 3D, and we, therefore, have not included them in our review of available manufacturing mechanisms for tissue engineered scaffolds. However, microfluidic technologies for epithelial engineering have been extensively reviewed elsewhere (Wong et al., 2012; Ahadian et al., 2018).




STATE-OF-THE-ART FOR TUBULAR TISSUE ENGINEERING

Here, we discuss specific applications for the manufacturing techniques discussed above. As mentioned in the introduction, we will focus on tissue engineered vasculature, intestine, and trachea, particularly considering systems that have applications in drug testing and discovery.


Vascular Systems

Vasculature is one of the most commonly tissue engineered structures in the body. Various reviews have been specifically written about tissue engineering vasculature (Nerem and Seliktar, 2001; Stegemann et al., 2007; Song et al., 2018), with reviews even written specifically about using electrospinning for vascular tissue engineering (Rocco et al., 2014). Here, we seek to highlight some of the innovations in vascular tissue engineering from a tubular scaffold manufacturing standpoint in addition to discussing recent approaches.

Many tissue engineered vascular models rely on a population of smooth muscle cells to produce the relevant ECM on the scaffold support (Seliktar et al., 2003; McFetridge et al., 2007; Lee et al., 2007; Nieponice et al., 2008; Zhang et al., 2013; Strobel et al., 2018a). However, some systems have also used fibroblasts, mesenchymal stem cells, or other stem-like progenitors for this purpose (Shin’oka et al., 2005; Vaz et al., 2005; Wang et al., 2009; Rayatpisheh et al., 2014; Bertanha et al., 2014; Jung et al., 2015; Gui et al., 2016; Rabionet et al., 2018; Strobel et al., 2018b). Much of the literature regarding vascular design is targeted at the ultimate use of the structure as an implant or vascular graft. This objective allows for the endothelialization of the structure in vivo. However, for benchtop models, endothelial cells must also be included. Some models have utilized only endothelial cells (Matsuda, 2004; Lovett et al., 2007; Xi-Xun et al., 2008; Zhang et al., 2013; Wang et al., 2014; Zhou et al., 2016; Zhao et al., 2018), but many of the more complex models involve a co-culture of endothelial cells with an ECM-depositing cell type (Niklason and Langer, 1997; L’Heureux et al., 1998; Niklason et al., 1999; Boland et al., 2004; Opitz et al., 2004; Swartz et al., 2005; L’Heureux et al., 2006; Lovett et al., 2008; Yang et al., 2009; Neff et al., 2011; Han et al., 2011; Cheng et al., 2017; Ju et al., 2017; Atchison et al., 2017; Cui et al., 2019; Atchison et al., 2020).

Given the layered structure of native blood vessels (Figure 1A), many models utilize an approach where the ECM-forming cell type is first seeded, followed by a secondary seeding step of endothelial cells. This seeding method is compatible with virtually any tubular scaffold construction. An earlier model for tissue engineered vasculature used a series of three layers to mimic native vascular structure. The basis for the scaffold was formed through a fibroblast-derived cell sheet that was rolled into a multi-layered tube. The layers fused together in culture before subsequent dehydration, resulting in decellularization, for further seeding. This support tubing was wrapped with a second, living sheet of fibroblasts followed by injection of endothelial cells into the lumen, at which point the vessel was subjected to fluid shear (L’Heureux et al., 2006). This model was not used as a benchtop system but was ultimately implanted into humans (L’Heureux et al., 2007), significantly driving the field of vascular tissue engineering forward. However, this technique, while generally successful, took an extended period of culture (∼28 weeks) to produce the finalized vessel.

Various early studies solidified the usage of stratified cell layers in vascular tissue engineering, particularly with regard to different tubular scaffold construction methodologies. Some studies focused on the initial seeding of the scaffold with smooth muscle cells or fibroblasts (Boland et al., 2004; Yang et al., 2009; Neff et al., 2011). Other studies used cell-compatible injection molding techniques to create a tissue-like structure as the scaffold (Swartz et al., 2005; Liu et al., 2007). Some of these studies were able to demonstrate response of smooth muscle cells to vasoactive reagents, indicating the potential of these constructs for drug testing (Swartz et al., 2005; Liu et al., 2007). However, these particular studies produced structures that lacked an endothelium for these tests (Swartz et al., 2005; Liu et al., 2007), limiting similarity to native tissue. A more recent study used a rolling technique to produce the medial/adventitial regions of the blood vessel (Jung et al., 2015). Mesenchymal stem cells were used to produce cell sheets, which were rolled into a tube with four concentric layers. These sheets fused together during culture in a bioreactor. The lumen was then seeded with a population of endothelial progenitor cells and cultured under flow conditions. Exposure of the vessels to a vasoconstrictor, phenylephrine, elicited a constrictive response by the cells. The vessels also dilated under increased flow. The study also examined the adhesion of monocyte-like cells under exposure of the vessel to TNF-α, an inflammatory cytokine. TNF-α can upregulate production of adhesion molecules on vascular walls to aid in leukocyte binding. Increased binding was observed for this system with exposure to TNF-α. However, the researchers did not analyze their structures for the formation of endothelial junctions (Jung et al., 2015).

Another study focused on the development of a bioink and a co-axial extrusion printer system to enable the direct printing of tubular structures containing cells (Cui et al., 2019). In this setup, the walls of the resultant vessel were constructed of crosslinked gelatin methacrylate, containing smooth muscle cells. The lumen was formed by extruding Pluronic F127, a bioinert polymer surfactant hydrogel which can be dissolved under certain conditions, containing endothelial cells. The structure was allowed to set before the Pluronic F127 layer was removed from the lumen. During the removal process, some of the endothelial cells adhered to the interior walls of the lumen, resulting in a gelatin methacrylate layer containing smooth muscle cells with an interior lining of endothelial cells, remnant after the lumen clearance. Vascular permeability was assessed on similar structures possessing a non-tubular geometry, finding that the endothelial layer showed decreased permeability. The structures were also subjected to a vasodilator, acetylcholine, and showed dilation upon exposure (Cui et al., 2019). A major benefit to structures produced in this manner, or similar manners, is the vast array of feasible shapes and channels that can be produced through 3D printing. Studies are increasingly focusing on the development of microvasculature (Wang et al., 2014; Abaci et al., 2016; Lei et al., 2019), which can provide more realistic environments in other models, such as the intestine.

Various models have also been produced to mimic and study specific disease states. Tissue engineered vasculature was developed to model Hutchison-Gilford Progeria Syndrome (HGPS), which is associated with increased prevalence of cardiovascular disease and is associated with dysfunctional smooth muscle cells in vasculature (Atchison et al., 2017, 2020). This model was developed using induced pluripotent stem cells (iPSCs) and endothelial progenitor cells. The iPSCs were derived from healthy fibroblasts or fibroblasts an HGPS mutation, then differentiated toward smooth muscle cells. Tissue engineered vasculature was constructed by injecting collagen, containing smooth muscle cells, into a mold, following by gelation of the cell-seeded collagen. Endothelial progenitors were then perfused into the lumen for seeding (Atchison et al., 2017, 2020). The authors were able to observe differences in vasoactivity between healthy and diseased cells, as monitored by examining vasodilation and vasoconstriction using acetylcholine and phenylephrine, respectively (Atchison et al., 2020). This study and others highlight the major potential for use of tissue engineered vasculature as a model for drug testing/discovery.



Intestinal Systems

Intestinal tissue engineering represents a particularly challenging field in the difficulty of producing a functional intestinal epithelium, given the numerous types of epithelial cells present in the native intestine. Further, the intestine has a complex 3D cross-section of villi and crypts, which also relates to the cellular distribution in the intestine (Santos et al., 2018). To reconstitute these structures, numerous studies have developed intestinal models using microfluidics or 2D cell culture substrates. However, these models do not fully mimic the complex native environment of the intestine (Bein et al., 2018). As such, 3D tissue engineered models have also been developed, which allow for the recapitulation of some of the aspects of the native intestine.

Some of the earlier tissue engineered models of the intestine were developed by rolling polymeric tubes and seeding these scaffolds with organoids derived from native murine colons. These structures were successfully transplanted into rats (Grikscheit et al., 2002). These structures were also used to treat induced short bowel syndrome in rats. The tissue engineered structures were beneficial for survival and gut function versus sham controls (Grikscheit et al., 2004). These studies indicated the possibility for the development of further tissue engineered benchtop models.

One model developed non-tubular 3D villus and crypt geometries using casting techniques (Yu et al., 2012). Scaffold construction was performed by casting collagen onto a negative of the villus-crypt structure. These structures were seeded with an enterocyte-like cell line (Caco-2 cells) and analyzed versus a flat system, i.e., without villi. The permeability of the cellularized structures was gauged using electrical measurements I and permeation by two drugs, finding higher permeability coefficients in the 3D structures (Yu et al., 2012). This experimental design has since been used with various other materials, mainly porous polymeric structures, to monitor the effects of bacterial culture with enterocytes (Costello et al., 2014; Ladd et al., 2019) and has recently been formed into tubular structures for implantation (Ladd et al., 2018).

Perhaps one of the most complete tissue engineered tubular models was developed for the intestine, using a cellularized, stratified silk scaffold (Chen et al., 2015) with a bioreactor, designed to simulate gut motility (Zhou et al., 2018). A casting approach was used to generate tubular silk scaffolds (Figure 3). Primary intestinal myofibroblasts were seeded within collagen into the silk scaffold and the interior lumen was subsequently lined with a co-culture of an enterocyte-like cell line (Caco-2) and goblet-like cell line (HT29-MTX) by luminal injection. The resultant cultures showed mucus production and tight junctional formation throughout the epithelial cell layer. Further, an intraluminal oxygen gradient was detected (Chen et al., 2015). Iterations on this model have also included colonoid-derived epithelium (Chen et al., 2017) with monocyte cultures and examination for macrophage infiltration through the epithelium (Roh et al., 2019). A bioreactor was also developed and applied to this system to provide pulsatile, peristaltic-like stimulation to these constructs (Zhou et al., 2018).

Many other non-tubular systems have also successfully modeled various aspects of the gastrointestinal tract. For example, an extensive bioreactor system was developed to simulate the microbial populations of the intestine (Van den Abbeele et al., 2012). A recently developed microfluidic model was also able to recapitulate the intestinal epithelium and associated microbial population with an adjacent vascular structure (Jalili-Firoozinezhad et al., 2019). This design resulted in the formation of a villus-crypt structure with polarized epithelial cells. This device also included sensors for monitoring oxygen content non-invasively, allowing for monitoring of oxygen gradients between the intestinal lumen and adjacent vascular lumen chambers (Jalili-Firoozinezhad et al., 2019). These types of devices are particularly useful as basic science platforms and can help inform the design of larger tubular systems. Currently, many of the tissue engineered intestinal models are focusing on the examination of the gut microbiome or immune components. As these models are developed further and our understanding of some of these aspects of intestinal biology improves, focus will likely shift to the testing of drugs in these tissue engineered systems.



Tracheal Systems

Unlike the in vitro models discussed for vasculature and the intestine, the outlook for tracheal tissue engineering to date largely concerns implantable scaffolds for tracheal replacement. In recent years, research has been targeted toward improving in vitro preparation methods such as optimizing decellularization through enzymatic, detergent (Zhong et al., 2019), vacuum-assisted (Butler et al., 2017), and chemical-based techniques (Batioglu-Karaaltin et al., 2019). For example, enhanced enzymatic approaches have drastically reduced tracheal decellularization time (Giraldo-Gomez et al., 2019; Wang et al., 2020). Importantly, the reduced preparation time had no adverse effects on tracheal ECM structure or biomechanical properties and evaded immunogenic or inflammatory responses when implanted in vivo. This result highlights the promise of advanced decellularization methods for production of tracheal implants. Despite success in these areas, decellularization methods require availability of human tracheal donors, and decellularized scaffolds can possess altered mechanical properties compared to native (Partington et al., 2013).

A major requirement for tracheal tissue engineering is sufficient mechanical support to resist pressurization. As such, many tissue engineered tracheal models have been created through combination of different manufacturing methods, incorporating a mechanical support structure with a cell-seedable scaffold. Tissue engineered trachea have been produced using a combination of 3D printing and decellularization methodologies (Johnson et al., 2016). This approach offers many advantages, including improved structural and mechanical support versus decellularized tissue alone, while maintaining biocompatibility and a native-like ECM. These hybrid 3D printed-decellularized scaffolds showed comparable resistance to compression versus native tissue and higher resistance to compression versus a decellularized scaffold alone (Johnson et al., 2016). Scaffolds produced through combination of 3D printing and electrospinning also possessed sufficient mechanics (rotation angle, elastic modulus, elongation ratio, and tensile strength) for recapitulation of the trachea, while still demonstrating a high degree of cellular attachment (Ahn et al., 2019). Other studies have mimicked native tracheal structure by incorporating C-shaped rings onto 3D printed tubular designs, thusly producing similar mechanical profiles to in vivo (Ott et al., 2016; Best et al., 2018).

Other studies have looked to characterize biocompatibility and regenerative capabilities of tracheal grafts via transplantation into rabbit models. For example, 3D solvent-based casting techniques have been utilized to fabricate tubular scaffolds, which demonstrate vascularization and differentiation of ciliated, mucus producing tracheal epithelium 4 weeks post-implantation (Park et al., 2015). Similarly, 3D bioprinting of a tubular tracheal tissue, containing layers of PCL and autologous epithelial cells and chondrocytes (Figure 6), demonstrated complete regeneration of respiratory epithelium and long-term stability of tracheal function (Park et al., 2019). However, further studies are needed to assess possibility of adverse immune or inflammatory processes and to promote chondrocyte regeneration of cartilage for mechanical support. Additionally, sufficient luminal airflow and gas tightness is necessary (Hsieh et al., 2018) and fundamental to the success of tracheal implants when positioned at the native air-liquid interface.

In summary, many studies have shown the successful fabrication of layered, flexible and structurally supportive tubular tracheal models, with characterization and comparisons made in vitro using techniques such as high-resolution microscopy, immunofluorescence, histological staining, and mechanical testing. Although some studies have looked to address microbial properties and response to pathogen invasion (Kang et al., 2019), to date, most tissue engineered tracheal model systems focus on developing implantable scaffolds. The limited examples of models which address toxicology or drug testing may be associated with the difficulty of established a 3D air-liquid interface in vitro. Further, the use of high throughput microfluidic and 2D systems for drug stimulation and discovery is well-established in this field (Ahadian et al., 2018).




FUTURE PERSPECTIVES

The field of tissue engineering for tubular systems has undergone various innovative steps over the course of its history. However, tissue engineered models still do not fully resemble native tissue. This lack of resemblance is partially due to the numerous cell types that require representation. For example, few systems include neural and immune components, which are increasingly connected to tissue function and homeostasis (Veiga-Fernandes and Artis, 2018). Further, in intestinal tissue engineering, numerous cell types are necessary for making only the epithelium, which can drastically complicate culture setup. Further innovations in scaffold manufacturing have the potential to solve these issues. Bioprinting can potentially place various cell types in a stratified manner, increasing the feasibility of producing cellularly complex systems. However, the cost of producing or purchasing a bioprinter capable of constructing such stratified structures is currently too high to be widely available. As such, innovations in the surrounding technologies, i.e., multi-nozzle systems, integrated culture capabilities, etc., can significantly increase feasibility. Other techniques involving tubular self-assembly can accomplish some of these tasks at lower cost. Researchers should also consider the production of modular systems for improving model complexity. Designing scaffolds that can be placed into a co-culture upon reaching maturity allows for a wider range of culture conditions and experiments without necessarily requiring expensive fabrication equipment.

Other factors complicating current efforts in tubular tissue engineering involve the application of native-like conditions to the resultant scaffolds. For example, while some studies have developed native-like culture conditions using bioreactors (Zhou et al., 2018), most studies rely on media conditions to produce tissue models. Many of the cells present in these systems are mechanoresponsive, as evidenced by the dynamic physiological conditions in vivo, indicating that further stimuli must be applied to reach native-like conditions in vitro. For this particular limitation, study designs must consider compatibility of the scaffold with a subsequent bioreactor system. Scaffolds can potentially be fabricated inside a bioreactor using many of the techniques above, such casting and printing. Alternatively scaffolds can be produced with dynamic material components, like piezoelectric materials, that can potentially provide mechanical stimuli to a scaffold using an inherent material property.

A final piece to consider for improving tubular scaffold efficacy is engineering of scaffold walls to generate multiple cellular microenvironments within a singular scaffold. For example, scaffolds can be produced to support formation of microvasculature (Chang and Niklason, 2017). Use of such a scaffold in an intestinal tissue engineering application can provide cells with nutrients through microvasculature channels, which can theoretically simplify bulk fluidic bioreactor designs. Similar concepts can be applied to tracheal tissue engineering, in designing scaffolds that can support cartilage formation, while simultaneously providing a face for epithelial formation. Many of the scaffold manufacturing techniques presented in this review have the potential for microstructural engineering within the scaffold bulk, and consideration of desired microenvironments when designing a fabrication process can have considerable benefits in the final results.

As tissue engineered tubular systems progress toward functional tissues, these systems can be used for drug testing and discovery. Many systems have already begun to show active responses to different drugs (Jung et al., 2015; Atchison et al., 2017, 2020). However, a major factor that is still lacking is the ability to monitor these systems in real-time. Most tissue engineered systems, particularly those with 3D structural features, require endpoint analysis. Studies typically use analytical techniques like immunostaining or blotting to determine the cellular response and activity in the tissue engineered system. While these techniques are very useful and informative, they can also result in a lengthened study period, in that they will often require titration or larger sample numbers to reach sufficient statistical power for analysis.

Some studies have begun to integrate non-invasive techniques, like electrical measurements, that can be performed during culture. These techniques provide real-time data on the tissue engineered system that can be compared to typical endpoint analyses. For example, a common method for assessing epithelial barrier formation, with reference to drug or toxicology studies, is transepithelial electrical resistance (TEER) (Benson et al., 2013; Srinivasan et al., 2015). However, TEER apparatus are somewhat limited due to the rigid structure of electrode probes, which fails to conform to the complex architecture of advanced tissue engineered models. Other common means for monitoring tissue engineered tubular models include various material analyses, such as mechanical analysis, or biological analytical methods, such as histology and immunostaining. However, these methods are also more difficult to apply in tubular scaffolds due to their geometry, further complicating assessment in these tissue engineered systems. In answer to these limitations, some innovative solutions have been demonstrated including the use of an electroactive polymer scaffold, which can monitor real-time cell adhesion, growth, and migration during culture (Pitsalidis et al., 2018), with potential for a tubular setup for tissue engineering. Additionally, electrodes have been fabricated in organ-on-chip devices (Henry et al., 2017), microfluidics (Curto et al., 2017), and flexible polymer substrates (Ferro et al., 2019; Kalmykov et al., 2019) to monitor barrier integrity in complex cell cultures. These examples highlight the potential of flexible and microelectronic fabrication methods in monitoring complete barrier formation in future 3D tissue-engineered models. However, while measurements like TEER, are very common in 2D systems, these measurements have not yet been widely adapted to larger-scale 3D systems.

Overall, we have discussed the various mechanisms by which tubular scaffolds can be constructed for tissue engineering. We divided the available manufacturing methodologies into five major categories: casting, electrospinning, rolling, 3D printing, and decellularization. Innovations for every one of these methodologies are still being generated today, with continuous new advancements in fabrication of scaffolds and tissue engineered systems. Methods like 3D printing and self-assembled rolling scaffolds allow for simultaneous advancements in ease of manufacturing and system complexity, driving toward tissue engineered systems that truly mimic native tissues. As these systems are developed, we will soon see their viable use in testing drug safety and efficacy in future biomedical studies.
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Minibrain is a 3D brain in vitro spheroid model, composed of a mixed population of neurons and glial cells, generated from human iPSC derived neural stem cells. Despite the advances in human 3D in vitro models such as aggregates, spheroids and organoids, there is a lack of labeling and imaging methodologies to characterize these models. In this study, we present a step-by-step methodology to generate human minibrain nurseries and novel strategies to subsequently label projection neurons, perform immunohistochemistry and 3D imaging of the minibrains at large multiplexable scales. To visualize projection neurons, we adapt viral transduction and to visualize the organization of cell types we implement immunohistochemistry. To facilitate 3D imaging of minibrains, we present here pipelines and accessories for one step mounting and clearing suitable for confocal microscopy. The pipelines are specifically designed in such a way that the assays can be multiplexed with ease for large-scale screenings using minibrains and other organoid models. Using the pipeline, we present (i) dendrite morphometric properties obtained from 3D neuron morphology reconstructions, (ii) diversity in neuron morphology, and (iii) quantified distribution of progenitors and POU3F2 positive neurons in human minibrains.

Keywords: 3D cell culture, 3D imaging, tissue clearing, neuron labeling, human iPSC derived models, brain spheroids, tissue engineering


INTRODUCTION

In vitro culture models have been integral in studying aspects of brain development and function in real time. The advent of human induced pluripotent stem cells (iPSCs) has accelerated the development of miniature in vitro 3D human brain models for the purpose of disease modeling, drug testing and molecular screening. 2D in vitro modeling of the human brain involves either (i) derivation of neural progenitor cells from primary human sources at gestational ages, (ii) differentiation of embryonic stem cells or iPSCs to neural progenitors or (iii) forced expression of neuronal transcription factor to transdifferentiate iPSCs to neurons (Pang et al., 2011; Zhang et al., 2013). These differentiated neurons or neural progenitor cells can then be used to generate 3D brain in vitro models (containing different types of CNS neurons and glial cells) by (i) culturing on low adhesion cell culture surfaces under agitation, (ii) hanging drop techniques, and (iii) seeding cells at high compaction ratio which are variedly termed as neurospheres, brain spheroids, brain micro physiological systems and brain aggregates models (Hogberg et al., 2013; Smirnova et al., 2016; Krencik et al., 2017; Pamies et al., 2017). Alternatively, embryoid bodies, i.e., spherical ensemble of human iPSCs or embryonic stem cells (ESCs) can be directed into neuronal differentiation that leads to formation of 3D cultures with the cytoarchitecture of the cerebral cortex (Pasca et al., 2015; Otani et al., 2016) which are termed either as spheroids or brain microphysiological system. The more advanced and complex 3D brain in vitro models are brain organoids that have been recently been developed by Kadoshima et al. (2013) and Lancaster et al. (2017) which recapitulated the self-organizing principle of forebrain structures while differentiating iPSC to the neuronal lineage using non-guided differentiation protocol.

Despite the advances in the field of 3D brain in vitro models, the smaller size of these models presents some challenges in performing classical histological and imaging techniques. On the other hand, some 3D in vitro brain models such as the cortical organoids are rather bigger in size but offer challenges for multiplexing for large scale screening studies and necrose relatively rapidly over a few months (Wang, 2018). Here, we present a protocol optimized for generating a brain spheroid model termed as minibrains, where the size of the spheroids and subsequent imaging techniques are optimized for large-scale screening studies at affordable cost, time and labor efficiency.


Minibrains: Miniature 3D Brain Spheroids Generated From Neural Stem Cells Derived From Human iPSCs

In this study, we present minibrains, a brain spheroid model generated by non-directed differentiation of neural stem cells derived from human iPSCs (NSChiPS) (Figures 1, 2) (protocol was modified and adapted from Sandström et al., 2017). By 8 weeks minibrains display synchronized neural networks (Figure 3; Sandström et al., 2017). Genes characteristic to neurons, oligodendrocytes and astrocytes were expressed in the minibrain. Transcriptomic analysis of minibrain vs NSChiPS revealed activation of biological process such as synaptic signaling, neuron morphology projection, neuron differentiation and neurotransmitter release. Minibrain expressed genes that is typically enriched in cortical regions such as striatum, sub pallium, layer 6 of motor cortex, piriform, anterior cingulate and occipital cortex (Figure 4).


[image: image]

FIGURE 1. Introduction to minibrains. (A) Schematics show the timeline of processes involved in minibrain development. (B) Shows 12-week-old minibrains in a 6-well plate. (C) Volume rendered image of Golgi-Cox and DAPI stained (a nuclear stain) 12-week-old whole minibrain showing neurons with elaborate projections (color coded in green) and cells with short protrusions (color coded in pink) (see Supplementary Video 1). (D) Shows microtome cut 12-week-old minibrain section stained with GFAP, a marker of glial cells and DAPI. (E) Shows volume rendered image of viral labeled 12-week-old whole minibrain showing tdTomato (a fluorescent protein) labeled projection neurons. W, Week of minibrain generation.
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FIGURE 2. Mass generation of minibrains. (A,B) Shows the processes and timeline of establishing and maintaining minibrain “nursery” NSChiPSC, Neural stem cells derived from human induced pluripotent stem cells; W, Week of minibrain generation; DIFF1, Differentiation 1 medium; DIFF2, Differentiation 2 medium; NDM, Neuron differentiation medium.
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FIGURE 3. 8-week-old minibrain displays network activity. (A) Shows minibrains on ALI (Air-liquid interface) culture (B) Shows ease of handling of minibrains on ALI culture (C) Minibrain on ALI culture integrated on MEA chip for performing neural activity measurement, Scale bar = 100 μm. (D) Typical time series of spontaneous activity recorded from one electrode from one 8-week-old minibrain. (E) Overlap of several action potentials of a single neuron recorded from a single electrode and identified using spike sorting analysis. (F) Timestamps indicating biological events was detected in real time by thresholding (± 6 standard deviation of the noise) where spike, bursting and network activities could be observed using spike sorting analysis. Data shown here corresponds to neuronal activity of one minibrain (N = 1). ALI, Air-liquid interface; E, Electrode; V, Volts; s, seconds.
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FIGURE 4. Gene expression profiling of minibrains. (A) Differentially regulated genes between minibrains and NSChiPSC were identified with a minimum fold change of 2 (top left), and false discovery rate (FDR) of 1 (bottom left). Heatmap of the expression of upregulated and downregulated genes in the minibrain compared to NSChiPSC (right) (N = 4). Multiple minibrains from 4 different batches were used. NSChiPSC from different batches were used as replicates. (B) Heatmap of expression profile of select genes representing inhibitory synapses, excitatory synapses, oligodendrocytes and astrocytes in minibrains and NSChiPSC. Heatmap shows enrichment of these genes in minibrain, confirming the presence of inhibitory neurons, excitatory neurons, oligodendrocytes and astrocytes. (C) Shows biological process upregulated/enriched in minibrain (left) and downregulated in the minibrain/enriched in the NSChiPSC (right). The numerical value and size of the circle corresponds to the p-value of the biological process calculated by gene ontology enrichment analysis (D) Shows enrichment of distinct brain region gene expression profiles as per allen brain atlas database. The numerical value and size of the circle corresponds to the p-value of the brain region enrichment analysis. NSChiPSC, Neural stem cells derived from human induced pluripotent stem cells.


The size, simplicity and cost efficiency of generating minibrains make them an ideal choice for mass production for the purpose of large-scale screening and modeling studies (Figure 2 and Supplementary Table 1). The average size of minibrains is around 550.64 (±) 75.19 μm and around 50–100 minibrains can be generated and maintained in one well of a 6-well plate (Figure 5 and Table 1). The cost of generating approximately 100 minibrains is 33.50 CHF, the cost of generating and maintaining a “nursery” of approximately 6,000 minibrains for about 1-year costs about 3740 CHF. The smaller size of minibrains, allows efficient diffusion of nutrients to cells until the center of the minibrains, reducing the occurrence of necrosis and maintaining minibrain for up to 15 months and above. Minibrains can subsequently be maintained on an air-liquid interface (ALI) to facilitate brain on chip methodologies for neuronal network activity measurement using micro-electrode-array integrated biochip (Figure 3).
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FIGURE 5. Size and number of minibrains generated using the protocol. (A) Shows the distribution of size of minibrains older than 8 weeks across three different batches (N1, N2, and N3) (with seeding density of 2.5e5 cells per well) as a whisker plot. Mean ± Standard deviation (SD) of N1, N2, and N3 are 546.80 ± 62.40, 623.61 ± 68.52 and 584.73 ± 79.02, respectively. Collective mean ± SD of all the three batches is 550.64 ± 75.19. N1 = 199 minibrains, N2 = 304 minibrains, N3 = 93 minibrains. (B) Shows the number of minibrains (more than 8 weeks old) generated per well in a 6-well plate across three different batches (N1, N2 and N3 with seeding density of 2.5E5 cells per well) as a whisker plot. The number of minibrains generated across three batches are not significantly different (p = 0.02 8) as per Kruskal Wallis statistical test. Mean ± SD of N1, N2, and N3 are 42.93 ± 12.00, 47.75 ± 8.37, 52.47 ± 16.38, respectively. Collective mean ± SD all the three batches is 48.97 ± 12.68. N1 = 15 wells, N2 = 45 wells and N3 = 60 wells.



TABLE 1. Plating guideline for Minibrain formation.

[image: Table 1]Labeling neurons and subsequent morphological reconstruction of the neurons provides information about the dendrite morphometric and axonal properties that are crucial for network establishment. These properties can give valuable insight in large scale disease modeling and drug testing screens (DePoy et al., 2014; Miguéns et al., 2015; Cheng et al., 2017; Martínez-Cerdeño, 2017; Patnaik et al., 2020). Much is yet to be understood as to how human neuron morphology is driven in 3D brain in vitro models where all connectivity pathways are miniaturized. Labeling of live neuron morphology involves artificial gene transfer techniques that enable expression of fluorescent reporters under the regulation of selective promoters. In previous studies, neurons were labeled in live brain organoids either through electroporation or viral infection of organoid slices, which are laborious processes (Lancaster et al., 2017; Giandomenico et al., 2019). In our pipeline, we implement a novel strategy to label projection neurons with tdTomato fluorescence reporter in the minibrains using retrograde adeno associated viral particles (AAVrg) (Figures 7A–C). Sparse neuronal labeling, together with a high signal to noise ratio of the labeled neurons, enabled 3D reconstructions of distinct neurons within the minibrain (Figures 7B,C). For the first time, we show reconstruction of single neuron morphologies from an 3D in vitro brain model, which would allow us in the future to understand neuron differentiation, diversity and connectivity in 3D brain in vitro models (Figures 7C–F and Supplementary Figure 3).

3D imaging techniques are critical for reconstructing whole neuron morphology, assessing anatomical distribution of cell types and their interaction across 3D brain in vitro models. Here we present a novel 3D imaging pipeline that allows imaging of whole 3D brain in vitro models. 2D imaging methodologies require slicing of 3D brain in vitro models which can be laborious, time consuming and leads to loss of tissue given the smaller sample size. In contrast, our 3D imaging pipeline relies on easily multiplexable one step non-invasive tissue clarification technique on whole minibrains. We tested multiple tissue clarification protocols on our minibrains. While active CLARITY techniques are too harsh on the minibrains, passive CLARITY technique required embedding the minibrains in agarose gel, a cumbersome process when processing multiple minibrains. Tissue clarification method using fructose-glycerol solution lead to distortion of the minibrain morphology (Figure 5C). On the other hand, RapiClearTM, a commercial tissue clearing agent, allowed direct mounting of minibrains without loss of morphology and best signal preservation for viral labeling, immunohistochemistry and Golgi-Cox staining (Figures 6–8 and Supplementary Videos 1–4). We achieved efficient clarification by permeabilizing fixed minibrains using Triton X-100 before clearing with RapiClearTM (Figures 6A,B). RapiClearTM allows preservation of mounted minibrains at 4°C and −20°C for long term storage. The cleared minibrains were compatible for both confocal and light sheet microscopy (Supplementary Videos 1–4 and Figure 6). For high resolution imaging using upright microscopy, we have used an upright confocal imaging and designed sample holders and microscopy support to facilitate whole mount minibrain imaging in high refractive index (RI) solution, while multiplexing up to 9 samples (Supplementary Figure 2). The long travel distance of the immersion objectives (5.6 mm) allowed us to scan through the whole thickness of the cleared samples (Figure 6 and Supplementary Videos 1, 3). The minibrains can be imaged until a depth of 150–250 μm using inverted microscopy allowing multiplexing up to 96 or 384 samples by using multi-well imaging plates (Supplementary Video 5).
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FIGURE 6. 3D imaging of minibrains. (A) Shows the pipeline for imaging minibrains using upright and inverted confocal microscopes. (B) Shows the representative 2D optical sections of 10-week-old minibrains stained with DAPI (a nuclear stain) (N = 3 minibrains) without clearing (top) and upon clearing with RapiClearTM at different Z imaging depth. (C) Shows morphological changes in 10-week-old minibrains upon clearing with fructose glycerol (top) and intact morphology while using RapiClearTM (bottom). The images are representative maximum intensity projection of approximately 600 μm confocal Z-stack of the minibrain (N = 5 minibrains).



[image: image]

FIGURE 7. Viral labeling and neuron morphology reconstruction in minibrains. (A) Shows a multiplexable viral infection pipeline to label and 3D reconstruct projection neurons in minibrains. (B) Shows representative maximum intensity projection of approximately 300 μm confocal Z-stack of minibrain labeled with tdTomato by AAVRG infection (left), an inset zoom on one neuron (center) and the 3D segmentation of the neuron using filament pipeline in Imaris (right) (Age of minibrain = 7 months, N = 20 minibrains). (C) Shows a representative maximum intensity projection of approximately 600 μm confocal Z-stack of a whole minibrains with tdTomato labeled neurons (Age of minibrain = 3 months) (left), neuron morphology traces of 3 selected neurons (N1, N2, and N3) from the same minibrain segmented by Imaris software (right). (D) Sholl analysis of dendrites of the three selected neurons N1, N2, and N3 within the one minibrain in (C). (E) Shows dendrite morphometric features (left) and quantification of three properties across three neurons. The bar graphs from left to right show cumulative summation of all dendritic branch length, dendritic branch points and dendritic terminal in three traced neurons shown in (C). (F) Shows distribution of the number of the dendritic terminal points at different distances from the soma across the 3 neurons N1, N2, and N3 traced in (C). AAVRG, Adeno associated virus retrograde serotype; h, hours post infection. Neuron morphological analysis performed from three more minibrains are presented in Supplementary Figure 3.
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FIGURE 8. Immunohistochemical analysis of minibrains. (A) Shows a multiplexable immunohistochemistry pipeline for minibrains. (B) Shows a representative rendered maximum intensity projection of 3D whole minibrain image stained for Ki67 (progenitor marker) and DAPI (top), subsequent segmentation of Ki67 cells (bottom) by Imaris pipeline. Age = 1 week, N = 9 minibrains. (C) Shows a representative maximum intensity projection (15 μm) of whole minibrain image (age of minibrain = 16 weeks) stained for POU3F2 (excitatory neuronal marker) and DAPI (top), subsequent segmentation of POU3F2+ neurons cells (bottom) by Imaris pipeline. The images are representative of multiple tests N = 9 minibrains. Age = 12 weeks. (D) Graph shows the distribution of the ratio of Ki67 expressing progenitors to DAPI stained nuclei across minibrain (N = 1 minibrain), illustrating the increase in progenitor density toward the periphery in the minibrain in (B). (E) Graph shows the distribution of the ratio of POU3F2+ expressing neurons to DAPI stained nuclei across one minibrain, illustrating neurons enriched in the center of the minibrain in (C) (N = 1 minibrain). Analysis in (D,E) was performed only in one minibrain to illustrate an example of cell distribution analysis using 3D imaging. h, hours post staining.


We present here a step-by-step methodology for generation and maintenance of minibrain nurseries, ALI maintenance of minibrain, projection neuron labeling, optimized whole minibrain immunohistochemistry, one step mounting clarification, 3D imaging and design of imaging accessories that facilitate 3D imaging using confocal microscopy on cleared minibrains. We present dendrite morphometric properties, diverse reconstructed neuron morphologies, distribution of progenitors and POU3F2+ neurons in our minibrain (Figures 7, 8). Our novel pipeline is designed to facilitate the usage of minibrains as an in vitro 3D human neuronal model for large scale modeling and mass screening studies.



MATERIALS


Reagents

GelTrexTM (ThermoFisher, #A1413301)

StemproTM NSC SFM kit (ThermoFisher, #A1050901) containing

KnockOutTM DMEM/F-12 medium

StemProTM Neural Supplement

FGF-basic (AA 10–155) Recombinant Human Protein

EGF Recombinant Human Protein

GlutaMAXTM Supplement (ThermoFisher, #35050038)

B27TM Plus Neuronal Culture System (ThermoFisher, #A3653401) containing

NeurobasalTM Plus

B-27 Plus Supplement (50X)

Accutase (ThermoFisher, #00-4555-56)

StemProTM hESC SFM (ThermoFisher, #A1000701) containing

DMEM/F12 + GlutaMAXTM

Bovine serum albumin (BSA) 25%

Stempro® hESC Supplement

Brain-Derived Neurotrophic Factor (BDNF) Recombinant Human Protein (ThermoFisher, #PHC7074)

Glial-Derived Neurotrophic Factor (GDNF) Recombinant Human Protein (ThermoFisher, #PHC7044)

Dibutyryl cyclic AMP (AMPc) (Merck Sigma, #D0627)

2-phospho-Ascorbic Acid (Merck Sigma, #49752)

RapiClearTM 1.47 (SUNJin Lab, #RC147001)

DAPI (4′,6-Diamidino-2-Phenylindole, Dihydrochloride) (Invitrogen, #D1306)

Triton X-100 (Merck Sigma Aldrich, #T8787-50ML)

Tween 20 (Merck Sigma Aldrich, #P9416-50ML)

1X Dulbecco’s PBS (DPBS) (ThermoFisher, #14040133)

PierceTM 16% Formaldehyde (w/v), Methanol-free (ThermoFisher, #28906)

Trypan Blue Stain (0.4%) (ThermoFisher, #15250-061).

Purified Mouse Anti-Human Ki67 antibody (BD Bioscience, #556003)

Mouse Anti-Human POU3F2 antibody (DSHB, #PCRP-POU3F2-1A3-s)

HistodenzTM (Sigma, #D2158)

Goat anti-mouse TRITC (Abcam, #ab6786).



Plastics and Tools

6-well culture plate (Greiner Bio-One, #657 160)

96-well culture plate for imaging (Greiner bio-one, #655090)

384 well culture plate for imaging (Greiner bio-one, #781091)

24 well culture plate non-treated (Nunc, #144530)

Breathable plate sealer (Greiner Bio-One, #676051)

25 cm2 cell culture flask (T25) (Corning Falcon, #353109)

75 cm2 cell culture flask (T75) Flask (Corning Falcon, #353136)

175 cm2 cell culture flask (T175) Flask (Corning Falcon, #353112)

Sterile Hydrophilic PTFE membrane for tissue cultures, 2 mm diameter (named as « confetti ») (PTFE-005, HEPIA Biosciences)

Cell culture inserts for 6-well plate (Merck Millipore, #044003)

0.2 ml PCR tube (Thermoscientific, #AB-0784)

1.5 ml microfuge tubes (Eppendorf, #0030125150)

15 ml tube with conical bottom (Corning Falcon, #352096)

50 ml tube with conical bottom (Corning Falcon, #352070)

Pointe 10–20 μl cleanpack clearline sterile (Milian, #010320)

Pointe 20 μl cleanpack clearline sterile (Milian, #713178)

Pointe 200 μl cleanpack clearline sterile (Milian, #713179)

Pointe 1,000 μl cleanpack clearline sterile (Milian, #713180)

10 μl pipette (Rainin, #17014388)

20 μl pipette (Rainin, #17014392)

200 μl pipette (Rainin, #17014391)

1,000 μl pipette (Rainin, #17014382)

2 ml sterile aspirating pipets (Corning Falcon, #357558)

12 mm glass coverslips (SPL Life Sciences, #20012)

Luna Cell Counting Slides (Logos biosystems, #L12001)

Sample holder (HEPIA, Supplementary Figure 2).



Cells

NSChiPS (Human Neural Stem Cells derived from the human induced pluripotent stem (iPS) cell line) (ThermoFisher, #A3890101).



Virus

AAVrg-CAG-tdTomato (codon diversified), titer value ≥ 7 × 1012 vg/ml (Addgene, #59462-AAVrg).

Important: Virus must be handled in biosafety level 2 (BSL2) facility

Note: Upon receipt of the virus, prepare 5 μl aliquots on ice and store at −80°C.



Equipment

CO2 resistant orbital Shakers (ThermoFisher, #88881102)

CO2 incubator (ThermoFisher, #371)

Confocal microscope (Zeiss, LSM880)

20X/1.0 water immersion objective, with adjustable RI correction collar (RI 1.42–1.48) (Zeiss, #421459-9972-000)

Confocal Microscope (Leica, TCS SPE-II) HC PL APO 10.0 × 0.30NA objective (Leica, #507902)

HCX PL FLUOTAR L 20X/0.40NA objective (Leica, #506242)

Specimen holder for cleared tissue imaging (HEPIA, Supplementary Figure 2)

Laminar hood (SKAN AG, #MSF120)

Centrifuge (Eppendorf, #5804 R)

Media Warmer (Lab ArmorTM Beads, #M706)

Elliptical shaker 3D Polymax 1040 complete (Heidolph Instruments, #543-42210-00)

Thermal cycler (MJ Research, #PTC-200)

Luna Automated Cell Counter (Logos biosystems, #L10001)

Inverted microscope (Zeiss, #Axiovert 25)

Laboratory vacuum pump (Milian, #886083)

Regine Horlogery watchmaker tweezers, type 7 (Beco Technic, #220337)

Mr. FrostyTM Freezing Container (ThermoFisher, #5100-0001).



REAGENT SETUP


GelTrex (1:200)

Thaw 1 ml vial of GelTrex at 4°C overnight, without agitation (!!! Attention: Agitation will cause clumping).

Aseptically add 1 ml of GelTrex to 199 ml of cold KnockOutTM D-MEM/F12 medium.

Can be stored at 4°C for up to 1 month.



Stock Solutions of Supplements

Prepare stock solution for EGF, FGF, BDNF (20 ng/ml), GDNF (20 ng/ml), and 2phospho-Ascorbic Acid (20 mM) by resuspending the powder in DPBS, 0.1% BSA, prepare 20 μl or 100 μl aliquots, and freeze at −20°C. Aliquots can be kept for 2 years.

Prepare stock solution for Dibutyryl cyclic AMP (100 mM) by resuspending the powder in sterile water, prepare 20 μl or 100 μl aliquots and freeze at −20°C- Aliquots can be kept for 2 years.



Expansion Medium

Prepare expansion medium by aseptically mixing components of StemproTM NSC SFM kit:

500 ml, KnockOutTM D-MEM/F12

5 ml, GlutaMAXTM Supplement

10 ml, StemProTM Neural supplement

This medium can be stored at 4°C for up to 3 months.

Before use, aseptically add 100 μl of EGF stock and 100 μl of FGF stock to 50 ml of the above media mix. This solution can be stored at 4°C for up to 1 week.



Differentiation 1 Medium (DIFF1)

For 50 ml of medium aseptically mix

44.45 ml, D-MEM/F12 + GlutaMAX

3.6 ml, 25% BSA

1 ml, Stempro hESC Supplement

100 μl, BDNF stock solution

100 μl, GDNF stock solution

250 μl, Dibutyryl cyclic AMP stock solution

500 μl, 2phospho-Ascorbic Acid stock solution

Note: Do not overheat this medium (for a long time) because several factors (BDNF-GDNF) are sensitive to heat!

This medium can be stored at 4°C for 1 week, but it is best to prepare it fresh before use.



Neuron Differentiation/Maintenance Medium (NDM)

Aseptically mix:

500 ml, NeurobasalTM Plus 1 × 10 ml, 50x B27 Plus Supplement

1.25 ml, GlutaMAXTM Supplement

This medium can be stored at 4°C for up to 3 months.



Differentiation 2 Medium (DIFF 2)

Aseptically mix DIFF1 medium and NDM medium at 1:1 ratio.

Note: Do not overheat this medium (for a long time) because several factors (BDNF-GDNF) are sensitive to heat!

This medium can be stored at 4°C for 1 week, the best is to prepare it fresh before use.



4% PFA

Aseptically dilute 0.5 ml of 16% PFA to 1.5 ml of 1X DPBS.

Store at 4°C for up to 1 month.



Post-fixation Rinse Buffer: DPBS-Tween

Dissolve 1 ml of Tween-20 in 1000 ml of 1X DPBS.

Store at 4°C for up to 6 months.



Antigen Retrieval Buffer

Dissolve 1.5 g of sodium citrate (10 mM) in 450 ml water, adjust pH to 6 with 1 N HCl. Make up the final volume to 500 ml and add 450 μl of Tween 20.

Store at 4°C for up to 6 months.



Blocking Buffer

Dissolve 1 g of BSA and 2 ml of Triton X-100 in 100 ml of 1X DPBS.

Store at 4°C for up to 6 months.



Wash Buffer

Dissolve 2 ml of Triton X-100 in 100 ml of 1X DPBS.

Store at 4°C for up to 6 months.



Primary Antibody Dilution

Dilute primary antibody in blocking buffer as per antibody manufacturer’s instructions. Always prepare the dilution freshly before use.

Dilute Ki67 antibody (BD Bioscience, #556003) at 1:25 dilution in blocking buffer.

Dilute POU3F2 antibody (DSHB, #PCRP-POU3F2-1A3-s) at 1:5 dilution in blocking buffer.



Secondary Antibody Dilution

Dilute anti-mouse TRITC secondary antibody (Abcam, #ab6786) at 1:500 dilution in blocking buffer.



DAPI Stock Solution

Make a 5 mg/ml DAPI stock solution by dissolving 10 mg in 2 ml deionized water.

Make sure to dissolve the powder completely by vortexing the tube.

Prepare aliquots and freeze at −20°C for long term storage. Once an aliquot is open, it can be kept at 4°C for 6 months.



METHODS AND PROTOCOLS


Generation of Minibrains


Thawing Frozen Aliquots of NSChiPS

Before starting the experiment


1.Coat a T25 flask by adding 3 ml of GelTrex stock. Make sure it covers the entire surface area and incubate for 37°C for 1 h.

Note: optionally the coated flasks can be stored at 4°C for 1 month and pre warmed to room temperature before use.

2.Warm 9 ml expansion medium in a 50 ml conical tube to room temperature and 5 ml expansion medium in a 15 ml conical tubes to 37°C.

3.Warm water bath to 37°C.

4.Thaw a vial containing 1 ml of NSChiPS quickly in a 37°C water bath for not more than 30 s.

5.Transfer 1 ml of the thawed NSChiPS to a 50 ml tube under the hood using a 1 ml micropipette.

6.Rinse the vial with 1 ml prewarmed expansion medium (at room temperature) and add the contents using a 1 ml micropipette to the cells in the 50 ml tube.

7.Slowly add 8 ml of prewarmed expansion medium (at room temperature) to the thawed cells in the 50 ml tube while mixing gently.

8.Centrifuge the thawed cells at 250 × g for 5 min at room temperature. A cell pellet will be visible after centrifugation.

9.Aspirate medium without disturbing the pellet using an 1 ml micropipette and resuspend the cell pellet in 5 ml expansion medium in the 15 ml conical tube at 37°C using an aspirating pipette.

10.Add 5 ml of the resuspended cells to a GelTrex coated T25 flask and spread evenly.

11.Every second day change the expansion medium.

12.When the cells reach 80% confluency (typically in 2–3 days), passage with Accutase as described in step 13.





Passaging and Expansion of NSChiPS

Before starting the experiment: warm Accutase and expansion medium (aliquots or the whole bottle) at 37°C. Coat flasks with GelTrex as described in step 1.


13.Aspirate all medium from the flask and add 2 ml of Accutase. Incubate at room temperature for 1–2 min.

Tip: Swirl the plate gently to better visualize the detachment of the cells.

14.To collect the cells, add 2 ml of expansion medium to the detached cells and collect in a 15 ml tube using an aspirating pipette.

15.Rinse the remaining cells with an additional 2 ml of expansion medium and collect in the same tube.

16.Centrifuge cells at 250 × g for 5 min at room temperature.

17.Aspirate medium and resuspend pellet in 2–5 ml of expansion medium (depending on the size of the pellet) using an aspiration pipette.

18.Count live cells per ml on cell counter




a.Mix 10 μl of Trypan Blue and 10 μl cell suspension in an 0.5 ml microcentrifuge tube.

b.Transfer 10 μl of the mix on a counting slide

c.Insert the counting slide in the Luna Automated Cell Counter, adjust the focus and press “count.”

d.Number of live cells/ml = Number of counted cells∗ 2




19.Calculate the volume of cell suspension needed for each T75 flask using the formula below.

Number of cells required = 25∗103 cells/cm2

Surface area of T75 flask = 75 cm2

Number of live cells/ml = X

Volume of cell suspension required = Number of cells required ∗ surface area of culture plate/(X)

20.Add the calculated volume of cell suspension using aspiration pipette and 10 ml of prewarmed expansion medium to a new GelTrex coated T75 flask.

21.Culture the cells in an incubator at 37°C and 5% CO2 until they reach 80% confluency, typically in 2–3 days.





Week 0: Formation of Spheres (3D)


22.Prepare NSChiPS cell suspension and calculate the number of live cells per ml (X) as described in Step 13–18.

23.Calculate volume of cell suspension to be added based on the guidelines in Table 1 and as described in step 19.

24.Add calculated volume of cell suspension and required volume of medium using an aspiration pipette required based on the guidelines in Table 1.

25.Seal the plate with breathable adhesive paper by detaching the plastic layer protecting the paper and carefully covering the plate using the adhesive side. Make sure all wells are covered by the paper. Close the lid of the plate (Supplementary Figure 1A).

26.To form spheres, place the cells on an orbital shaker at 80 rpm and culture for 7 days at 37°C and 5% CO2.

Note: Spherical nascent minibrains are apparent after 24 h and increase in size is visible after 7 days due to proliferation.

Important!!! From this point on, the culture plates should always be sealed with adhesive paper while culturing minibrains in suspension.





Week 1: Differentiation Phase I


27.Position the plates at a slanted angle allowing minibrains to settle down, aspirate the medium gently from the top without losing any minibrains.

28.Add 2.5 ml of DIFF1 medium per well (for a 6-well plate). Culture the minibrains for 7 days at 80 rpm at 37°C and 5% CO2.





Weeks 2–4: Differentiation Phase II


29.Aspirate medium as described in step 27, add 2.5 ml of DIFF2 medium (for a 6-well plate). Culture the minibrains for 3 weeks at 80 rpm in the cell culture incubator at 37°C and 5% CO2. Change DIFF2 medium twice per week.





Week 5 Until 1 Year and Above: Shifting to Maintenance Phase of the Minibrains


30.Aspirate medium as described in step 27. Add 2.5 ml of NDM medium (for a 6-well plate). Change the NDM once per week and check the luminosity of the minibrain.

Troubleshooting: Minibrains can go through fusion upon shifting to maintenance medium (Supplementary Figure 1B). Shift one well of minibrains to the maintenance medium, check for fusion of minibrains after 24–48 h. If minibrains have fused in the test well, prolong differentiation phase II until the next medium change (1 week), repeat testing for fusion until minibrains stop to fuse before shifting to maintenance medium.

Troubleshooting: Health of the minibrains can be monitored by screening of necrosis in the minibrains (Supplementary Figure 1C). If a minibrain displays complete necrosis, discard the entire well of minibrains.

Note: Minibrains can survive for 15 months and more, with neuronal activity (data not included). The minibrains are termed as early minibrains starting from the 6th week, as that is when they display synchronized neuronal network activity. Mature activity is observed at 8 weeks.





ALI Culture of Minibrain on Confetti


1.Add 1 ml of NDM medium to a 6-well plate.

2.Place cell culture insert on the 6-well plate and place the confetti on the insert, enabling absorption of medium.

3.Warm the medium in the plate in the cell culture incubator for 30 min.

4.Set a 1 ml pipette at 20 μl and transfer one sphere onto the center of a confetti (check the sphere for luminosity before transfer).

5.Add 5 ml of water in the spaces between the well, to ensure humidity as the plates will not be sealed with breathable adhesive paper.

6.Change the medium twice per week by removing the maximum by aspiration and add 1 ml of NDM medium.

Note: Monitor necrosis under a light microscope to monitor health of minibrains.





Viral Labeling of Projection Neurons in Live Minibrains

Viral labeling must be done in biosafety level 2 equipped facility under a hood.

Before starting the experiment:


1.Prepare an ice box and place the viral aliquots in the ice to thaw.

2.Set the centrifuge temperature to 4°C.

3.Warm 5 ml of media in a 15 ml conical tube in the cell culture incubator.

4.Centrifuge the virus at 100 × g for 10 minutes at 4°C, to avoid loss of virus and any spill.

5.Cut a 200 μl tip and transfer 3–4 minibrains to a 1.5 ml microcentrifuge tube.

6.Remove the excess media.

7.Add exactly 30 μl of media in each tube, let the minibrains settle to the bottom.

8.Add 0.5 μl of virus (3.5 × 10^9 particles) in each tube.

Note: The pipette tip must contact the minibrain while adding the virus. Do not mix the tube after the addition of the virus.

Using higher concentration of virus leads to more neurons labeled making it difficult to reconstruct single neuron morphologies.

9.Incubate the minibrains with virus in the cell culture incubator at 37°C and 5% CO2 for 2–4 h.

10.In the meantime, add 200 μl NDM medium to a 96-well plate and incubate at 37°C and 5% CO2.

11.Cut the tip of a 200 μl pipette tip and transfer 1 minibrain per well in the prepared 96-well plate and culture the minibrains for a minimum of 48 h.





Immuno-Histochemical Staining of Minibrains


Minibrain Fixation


1.Remove media from the wells and add 100 μl of 4% PFA for a 96-well plate, 1 ml of PFA for a 24-well plate and 3 ml of PFA for a 6-well plate and incubate for 45 min at room temperature.

2.Wash the minibrains at room temperature by rinsing with DPBS-Tween for 10 min at 60 rpm on the elliptical shaker. Repeat two more times.





Antigen Retrieval


3.Transfer minibrains to a PCR tube using a cut 200 μl tip. Remove excess DPBS-Tween, add 100 μl of antigen retrieval buffer and incubate at 95°C for 1 h in a PCR cycler.

4.Wash the minibrains at room temperature by rinsing with wash buffer for 5 min at 60 rpm on the elliptical shaker. Repeat one more time.





Permeabilization and Blocking


5.Using a cut 200 μl tip transfer minibrains to a 96-well plate and remove excess buffer.

6.Resuspend the minibrains in 70 μl of blocking buffer and incubate for minimum 4 h at room temperature or overnight at 4°C on a rocker at 80 rpm.





Primary and Secondary Antibody Labeling


7.Remove the blocking buffer and add 70 μl of primary antibody dilution. Incubate at 4°C on a rocker at 80 rpm for 48–72 h.

8.Remove the primary antibody, add 70 μl of wash buffer, incubate for 30 min on a rocker at 80 rpm. Repeat two more times.

9.Remove the wash buffer and add 70 μl of secondary antibody dilution. Incubate at 4°C on a rocker at 80 rpm for 24–48 h, protected from light.

Note: From this point on, protect the samples from light to avoid bleaching of the fluorescence.

10.Remove the secondary antibody and add 70 μl of wash buffer and place in a rocker at 80 rpm for 10 min.





Nuclei Staining With DAPI


11.Dilute DAPI stock solution 1:1,000 in wash buffer and incubate the minibrains for a minimum of 1 h.

12.Remove the DAPI solution, add 70 μl of wash buffer and place on a rocker at 80 rpm for 30 min. Repeat 2 more times.





Minibrain Preparation for Microscopy


Permeabilization of Minibrain for Tissue Clearing


1.If the minibrains are fixed but were not processed further for immunohistochemistry, incubate minibrains with wash buffer for 2 h.





Mounting and Clearing Minibrains for 3D Confocal Imaging Using Upright Confocal Microscopy


2.In the meantime, prepare the inserts for confocal imaging as shown in Figure 6 and Supplementary Figure 2. Peel the adhesive protector from the middle on one side of the imaging insert and seal the open well holes on one side using an 18 mm glass cover slip.

3.Cut the tip of a 200 μl pipette tip, transfer minibrains in the wells of the imaging insert, remove excess buffer. One well can hold as much as 4–5 minibrains.

4.Add 20–30 μl of RapiClearTM to the well as shown in Supplementary Figure 2. Make sure wells are completely filled.

5.Remove excess RapiClearTM outside the wells using a 20 μl pipette.

6.Peel the adhesive tape in the middle and seal the wells of the imaging insert using another 18 mm coverslips.

7.Incubate the minibrains mounted with RapiClearTM for 24 h at room temperature, protected from light.

Note: Optionally lift the minibrains using a pipette tip before sealing the top of the imaging insert. This allows easier location of the minibrains during confocal imaging.





Minibrain Preparation for 3D Imaging Using Inverted Fluorescence Microscopy


8.Transfer permeabilized minibrains to an imaging grade 96 or 384-well plate.

9.Remove any remaining buffer completely and add 80 μl of RapiClearTM per well for a 96-well plate and 50 μl of RapiClearTM per well for 384-well plate. Incubate in RapiClearTM for 18–24 h and proceed for imaging.





Imaging Minibrains


Imaging Using Upright Confocal Microscopy


1.Mount the 20X/1 water immersion objective, with adjustable RI correction collar (RI 1.42–1.48) onto the LSM-880 confocal microscope (Zeiss).

2.Prepare the mounting insert by cleaning it. Place the imaging insert as in Supplementary Figure 2 and secure the insert tightly using the screws on the image insert holder.

3.Fill the mounting insert with Histodenz solution (RI = 1.46).

Note: if the imaging insert is not secured using the brace, the insert will start lifting up while imaging.

4.Perform multi-tile and Z-stack imaging, using confocal or Airy scan module, with step-size of 3 μm for neuron reconstructions, and 10 μm for profiling the minibrain for signal.

Note: Alternatively, lightsheet microscopy technique can be used to image cluster of minibrains all at once, by using a lightsheet microscope optimized for large cleared samples (Clarity Optimized Light-sheet Microscope – COLM) (Supplementary Video 2).

Note: To perform image analysis and 3D rendering on the z-stack use FIJI or Imaris software (filament tracer and surface modules). Confocal images were denoised with despeckle filter and a background correction was applied by using FIJI software. The Imaris filament tracer pipeline can be applied upon background subtraction to reconstruct neuron morphology by using Imaris Bitplane software.





Imaging Using Inverted Microscopy Multiplexed at 96 or 384 Samples


5.Choose a lens with large working distances and adjustable RI. Match the RI of the lens to match RapiClearTM.

6.To ensure the minibrains are close to the imaging surface, remove 30 μl of RapiClearTM from each well for a 96-well plate and 30 μl of RapiClearTM from each well for a 384 well plate.

7.Proceed for imaging using required Z step size, 3 μm for volume rendering, and 10 μm for profiling the minibrain for signal.

Troubleshooting: If the imaging is blurry, choose appropriate RapiClearTM or change the objective with the correct RI to match the refractive indices of both.





TIMING


Generation of Minibrains


I.Thawing frozen aliquots of NSChiPS

Step 1–10: 1 h and 30 min

II.Passaging and expansion of NSChiPS

Step 13–20: 1 h and 30 min

III.Week 0: Formation of spheres (3D)

Step 22–26: 1 h

IV.Week 1: Differentiation phase I

Step 27–28: 30 min

V.Week 2–4: Differentiation phase II

Step 29: 15 min for one plate

VI.Week 3–5: Shifting to maintenance phase of the minibrains

Step 30: 15 min for one plate.





ALI Culture of Minibrain on Confetti

Step 1–5: 30–45 min for one plate.



Viral Labeling of Projection Neurons in Live Minibrains

Step 1–8: 30 min

Step 9–10:2 h and 15 min

Step 11: 48 h.



Immuno-Histochemical Staining of Minibrains


I.Minibrain fixation

Step 1–2: 1 h 30 min

II.Antigen retrieval

Step 3–4: 1 h 15 min

III.Permeabilization and blocking of the minibrain

Step 5–6: 5–18 h

IV.Primary and secondary antibody labeling

Step 7–10: 3 days

V.Nuclei staining with DAPI.

Step 11–12: 4 h





Minibrain Preparation for Microscopy


I.Permeabilization of minibrain for tissue clearing

Step 1: 1 h 30 min

II.Mounting and clearing minibrains for 3D confocal imaging for upright confocal microscopy

Step 2–6: 20 min to mount 3 minibrains per well onto 9 wells of the sample holder.

Step 7: 24 h

III.Minibrain preparation for 3D imaging using inverted fluorescence microscopy

Step 8–9: 3 min for one well.





Imaging Minibrains


I.Imaging in upright confocal microscopy

Step 1–3: 20 min for mounting 3 minibrains per well in 9 wells of the sample

holder.

Step 4: 30 min to 2 h for one minibrain

II.Imaging in inverted microscopy multiplexed at 96 or 384 samples

Step 6: 1 min for 1 well

Step 7: 10–30 min per minibrain (250 μm of imaging).





ANTICIPATED RESULTS

Minibrain is a brain spheroid model, a complex ensemble of various types of excitatory neurons, inhibitory neurons and glial cells (Figure 4). The protocol allows generation of minibrains in large numbers and longitudinal maintenance of minibrain for long periods of time. The protocol generates minibrains ranging approximately between 500 and 600 μm, allowing viability of the minibrain for over 15 months. The viral labeling protocol is easy and quick, allowing visualization of neurons as early as 24 h after infection. Projection neurons with different morphologies are labeled through the protocol (Figure 7 and Supplementary Figure 3). Immunohistochemistry protocol is optimized to enable complete penetration of antibodies across the minibrain (Figure 8). The clearing of minibrains is suitable for lightsheet, upright and inverted microscopy allowing imaging of minibrains in 3D (Figures 6–8 and Supplementary Videos 1–5). The protocol allows complete imaging of the minibrain from which whole neuron morphology can be reconstructed (Figure 7 and Supplementary Figure 3). Using Imaris, neuron morphology properties can be extracted and analyzed (Figure 7). The protocol allows 3D rendering of minibrain immunohistochemistry allowing assessment of anatomical distribution of markers across the minibrain (Figure 8).



LIMITATIONS

The viral labeling protocol we developed is currently limited to strong ubiquitous CAG promoters. Further testing is required to check efficiency of weak promoters that would allow labeling of specific cell types. The time required for imaging the minibrains in their whole thickness using a laser scanning technique can take up to 1–2 h when using a step size of 3 μm. This limitation can be circumvented by the use of lightsheet technology. We show that by using a clarity optimized lightsheet system (COLM), aggregates of minibrains can be quickly imaged all at once (Supplementary Video 2). Localizing single minibrains and vertically mounting minibrains is complicated and not convenient, hence it is difficult to multiplex imaging using this kind of light sheet microscopy set up. Further protocol establishment is required for light sheet imaging of minibrains. Dispensing minibrains to 96-well and 384 well plates for assays is time consuming and careful attention is required to avoid mix-up of the samples. This limitation can be partly overcome by using multi-channel pipettes and using printed sample/reagent layouts while dispensing minibrains and performing any further assays. For large screening studies, we show that clarified minibrains can be imaged using 384 well imaging culture plates (Supplementary Video 5) but images can be clearly obtained only until partial depth due to the quality of the lens used that is not optimized for tissue clarified samples.



DISCUSSION

Minibrains are an excellent choice of in vitro models to study early human neuronal development, aspects of gliogenesis, neurogenesis and neuronal connectivity. The iPSCs technology allows us to generate patient-specific minibrain models for various neurological disorders (Costamagna et al., 2019). Minibrains are cost-efficient, reliable and reproducible for testing drug therapeutic options, screening for toxicological effects and assaying for biocompatibility of human neural tissue (Sandström et al., 2017). The ability to maintain the minibrains for over a year allows the researcher to monitor and follow neuronal differentiation and network maturity longitudinally over time.

In this study, we present methodology for mass generation and maintenance of minibrains for large scale studies. In our methodology we adopt generation of minibrains from NSChiPSC instead of directly from iPSCs to circumvent multiple stem cell differentiation steps. We follow a slow progressive differentiation protocol that was modified from Sandström et al. (2017) published from our lab which allows us to generate relatively smaller brain spheroids in comparison to the brain organoid protocols (Paşca, 2016; Bagley et al., 2017; Lancaster et al., 2017; Xiang et al., 2017; Karzbrun and Reiner, 2019). The use of breathable, adhesive seals in our protocol reduces the frequency of medium changes and increased humidity maintenance, assuring better health of minibrains and longitudinal maintenance for over 15 months and above. ALI maintenance of minibrain allows integration of minibrains on micro-electrode array biochips and test biocompatibility of neural tissue on neuroprosthetic devices.

In this study, we present novel methodologies to study minibrains using neuronal labeling, immunohistochemistry, clearing and 3D imaging at multiplexed scales. The development of a custom multi-sample holder for the clarity confocal modules enables to image up to 9 wells, and at least 5 minibrains per well. Using immunohistochemistry and 3D imaging, we show that unlike cerebral organoids, in minibrains the progenitors (expressing Ki67) are not distributed to a central core but spread throughout the minibrains (Figure 8). Using our pipeline, we were able to confirm the presence of POU3F2 positive neurons and its distribution across minibrains in 3D (Supplementary Figure 4 and Figure 8). With our imaging pipeline, 2D imaging or partial 3D imaging of 3D brain models can be multiplexed for up to 96 or 384 samples using inverted microscopy, investing in long distance lenses, could possibly allow whole mount imaging using inverted microscopy (Supplementary Video 5).

It is not yet well understood how neurons shape their morphology in 3D in vitro brain models where spontaneous neuronal activity-based networks are the main source of input and where anatomical distribution of molecules like in human developing brains is absent. Thus, studying neuron morphology in 3D brain in vitro models, will allow us to study intrinsic self-organizing mechanisms that guide neuron morphology across distinct neuronal subtypes. By combining viral labeling, tissue clearing and confocal imaging, we were able to produce high resolution imaging dataset from whole minibrains revealing diverse neuron morphology reconstructions. By using Imaris Filament tracer we were able to segment 3D labeled cells and model neuronal dendrites allowing us to map various dendrite morphometric properties of neurons. We were able to confirm both long and short projecting neurons in minibrains using our pipeline. Combining neuronal markers with our protocol will allow users to reconstruct neuron morphology specific to distinct subtypes of neurons in minibrains.

More light sheet microscopes and 3D imaging systems have been recently developed for the purpose of imaging small biological samples at multiplexed scales (Alladin et al., 2019; Rakotoson et al., 2019). Our pipeline can easily be adapted for light sheet microscopy systems that have been designed for imaging small-sized biological samples and organoids, which will allow easy multiplexing and shorter time scales for imaging. We show by light sheet imaging of aggregates of minibrains that our pipeline can also be extended to larger brain organoids (Supplementary Video 2). In prevue of the fact that most researchers do not have access to light sheet microscopes, and the prevalence of the confocal microscopes our protocol will allow many researchers to image 3D brain in vitro models.

In summary, the novel methodologies presented here will serve as a blueprint in using minibrains for large scale screening and modeling studies for the purpose of studying neuronal disorders, drug testing and chemical screening.
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Stage 1 — Documentary Analysis

idance documents for in vitro studies identified for documentaryanalysis - n=32 unique
documents (see Table 2) (some unique documents were identified by more than one data collection stream)

Initial reporting criteria for in vitro studies
identified from documents — n=129 items
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Meeting/source Abstracts screened Abstracts indicating Potential participants Potential participants

(n) in vitro research (n) excluded* (n) approached (n)
World Federation of Neuro-oncology Societies 481 165 65 100
(WFNOS) 2017 Meeting (WFNOS, 2017a,b)
Society for Neuro-oncology (SNO) 2017 Annual 1248 224 56 168
Meeting (SNO, 2017a,b)
European Association of Neuro-Oncology 13th 446 167 61 96
Meeting (2018) (EANO, 2018)
British Neuro-Oncology Society (BNOS) 2017 119 14 3 11
Meeting (BNOS, 2018)
Asian Society for Neuro-Oncology (ASNO) 14th 240 52 27 25
Meeting (2017) (ASNO, 2017)
Sub-Saharan Africa Neuro-Oncology 25 17 14 3

Collaborative (S-SANOC) 2017 Planning

Meeting (S-SANOC, 2017)

Additional (potential participants identified 33
through other sources, e.g., team members or

other neuro-oncologists)

Totals 2559 629 193 436

*Not in vitro specialist OR not neuro-oncology specialist OR no contact information available.
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Identification and contact - 2559 abstracts screened
from six international conferences, n=436 potential
participantsidentified and approached (see Table 1)

v

Participants completing survey — n=34 (8%) — Regions:
USA, Europe, UK, South America - Number of Professors,
Department Heads, or Research Team Leads = 30 (88%
of n=34)
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Identification and contact — n=34 potential participants identified as members
of stakeholder groups: professors/head of laboratories, consultant clinicians,
industrial/commercial sector, leaders of quality and human relevance initiatives,
regulators and journal editors.

All approached for participation via email and physical letter with personalised
salutation and individual reason for contact.

4

Participants completing interview — n=13 (38%),

representing all stakeholder groups.
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Checklist descriptor

3D cell culture parameter

Information to be provided

Culturing substrate Scaffold-based Scaffold material and structure
Scaffold-free Specialized cell culture piates or lab equipment (e.g. 3D printing) used
Cels Celltypes Mono- or co-culture, primary cells, immortalized and/or carcinogenic cell lines, differentiation protocol
Donors Gender-balanced pool of cell donors
Cell culture formation Methodology Air-Liquid Interface (AL) conditions, cell seeding on scaffolds, incorporation into matrices, liquid overlay,
partially separated or mixed ALl co-cultures
Growth time Number of days/weeks
Cell culture manipulation | Biological cues. Medium change, mechanical cues (e.g. substrate stifness, sheer flow), soluble/chemical cues (e.g.
hormones)
Biological functions of cells | Cell phenotype el shape, polarity, prolfferative activity, cell differentiation
Biological functions of Geometry Culture morphology (2D or 3D) and architecture, culture size.
culture
Stabiity Viabity and phenotype changes overtime
‘Comparison to tissue in Cell-ECM and cell-cell interactions, formation of tissue-mimetic structures, mucus production
humans
Exposure Exposure methodologies Human-relevance of experimental exposure conditions
Verification Model benchmarking Comparison to known, human-relevant exposure scenarios
Validation Benchmarks Benchmark identification and validation of cell culture responses
Assay validation for Endpoints. Human-relevant endpoint definition (e.g. based on AOPs), overcoming diffusion issues (e.g. during
toxicity/efficacy testing immunostaining), positive controls
Accuracy Benchmark data should include information on the variability and the upper and lower imits of accuracy

metrics, as suggested by Leontaridou et al. (2019)
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e Simple and easy to implement
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Boland et al., 2004; Lee et al., 2007; Smith et al.,
2008; Wang et al., 2009; Han et al., 2011; Du et al.,
2012; Zhang et al., 2013; Fu et al., 2014; Zhou
etal., 2016; Ju et al., 2017; Strobel et al., 2018a;
Rodriguez et al., 2019

Intestine

Yoon and Kim, 2010; Knight et al., 2013

Trachea

Hinderer et al., 2012; Mahoney et al., 2016; Wu

et al., 2017; Best et al., 2018; Kang et al., 2019;
O’Leary et al., 2020

Vascular

Niklason et al., 2001; Shen et al., 2003; L’Heureux
et al., 2006; Pricci et al., 2009; Konig et al., 2009;
Gauvin et al., 2010; Rayatpisheh et al., 2014; Jung
et al., 2015; Gui et al., 2016; Zhao et al., 2018;
Wang et al., 2018

Intestine

Grikscheit et al., 2002, 2004

Vascular

Melchiorri et al., 2016; Rabionet et al., 2018; Cui
etal., 2019

Trachea

Johnson et al., 2016; Gao et al., 2017; Taniguchi
et al., 2018; Hsieh et al., 2018; Park et al., 2018;
Park et al., 2019; Machino et al., 2019; Xia et al.,
2019; Kang et al., 2019; Ahn et al., 2019; Gao
etal., 2019

Vascular

McFetridge et al., 2007; Xi-Xun et al., 2008; Yang
et al., 2009; Neff et al., 2011; Lee et al., 2012
Intestine

Totonelli et al., 2012

Trachea

Johnson et al., 2016; Butler et al., 2017; Ghorbani
etal., 2017; Zhong et al., 2019; Batioglu-Karaaltin
et al., 2019; Giraldo-Gomez et al., 2019; Wang
etal., 2020
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Mechanical stimulation

Strain: 10%, 0.16 Hz

Fluid flow: passive

Strain: 2.5-10%, 0-1 Hz

Fluid flow: 1-300 plL/min

Fluid shear: upper channel:
1.58 x 1076-2.10 x 1074 Pa
lower channel: 0.011-9.722 Pa
Fluid flow: 50-5,000 pL/min
Fluid shear: dependent on
model

Strain: 0-12%, 0.01-0.4 Hz
Fluid Flow: 0-1,000 pL/min
Fluid shear: upper channel:
0-0.009 Pa

lower channel: 0-0.03 Pa

Fluid flow: 76-250 pwL/min
Fluid shear: dependent on
model

Fluid shear: 0.01-5 dyne/cm?

Fluid flow: Gravity driven
leveling
Fluid shear: 0-0.3 Pa

Fluid Flow: 10
nL/min-10 pL/min
Fluid shear: 0.001-2 Pa

Fluid shear: 0.02-2 Pa

Validated models

Alveolus: Inflammation, toxicology, fibrosis (Stucki et al., 2015, 2018; Artzy-Schnirman et al., 2019;
Krempaska et al., 2020; Wang et al., 2020)

Heart, midbrain organoid, cancer

Liver (Domansky et al., 2010; Vinci et al., 2011; Wheeler et al., 2014; Long et al., 2016; Kostrzewski
etal., 2017, 2020; Sarkar et al., 2017; Rowe et al., 2018; Ortega-Prieto et al., 2019; Vacca et al., 2020).
Liver/Intestine (Chen et al., 2017),

Brain, Heart, Kidney, Lung, Pancreas, Skin.

Blood-brain barrier (Sances et al., 2018; Park et al., 2019; Vatine et al., 2019)

Blood vessel: Micro vessel (Jain et al., 2016)

Bone marrow (Torisawa et al., 2014, 2016)

Bone: Osteogenic differentiation (Sheyn et al., 2019)

Lung: Small airway (Huh et al., 2010, 2013; Benam et al., 2016a,b; Jain et al., 2016; Henry et al., 2017;
Si et al., 2020)

Lung: Alveolus (Huh et al., 2012; Jain et al., 2018)

Intestine (Kim et al., 2012; Henry et al., 2017; Villenave et al., 2017; Jalili-Firoozinezhad et al., 2018;
Kasendra et al., 2018, 2020; Workman et al., 2018; Grassart et al., 2019)

Kidney: Glomerulus (Musah et al., 2018)

Kidney: Proximal Tubule (Jang et al., 2013; Vriend et al., 2020; Xu et al., 2020)

Liver (Foster et al., 2019; Jang K. J. et al., 2019; Peel et al., 2019)

Neuronal development (Sances et al., 2018)

Blood-brain barrier (Miranda-Azpiazu et al., 2018; Elbakary and Badhan, 2020)
Brain: Mid brain organoids (Berger et al., 2018)

Heart: cardiac tissue (Pagliari et al., 2014)

Intestine (Giusti et al., 2014)

Liver (Ramachandran et al., 2015; Pedersen et al., 2016; Rashidi et al., 2016; Shannahan et al., 2016)
Lung (Chandorkar et al., 2017)

Pancreas/Liver (Faure et al., 2016)

Kidney

Intestine (Kulthong et al., 2020)

Liver (Li et al., 2018)

Pancreas (Navarro-Tableros et al., 2019; Gomez et al., 2020)

Skin, Lung, Bone marrow, Neural or cardiovascular network

Blood-brain barrier (Wilmer et al., 2016; Koo et al., 2018)

Blood vessel (van Duinen et al., 2017; Beekers et al., 2018; Poussin et al., 2020)

Blood vessel: Angiogenesis (van Duinen et al., 2019)

Breast cancer (Lanz et al., 2017)

Liver (Jang et al., 2015, 2018; Jang M. et al., 2019)

Neural: CNS toxicity (Moreno et al., 2015; Wevers et al., 2018; Bolognin et al., 2019; Kane et al., 2019)
Intestine (Trietsch et al., 2017; Beaurivage et al., 2019)

Kidney: glomerulus (Petrosyan et al., 2019)

Kidney: proximal tubule (Wilmer et al., 2016; Vormann et al., 2018; Vriend et al., 2018, 2020; Schutgens
etal., 2019)

Pancreas (Kramer et al., 2019)

Brain: Glioma,

Blood-brain barrier (Prabhakarpandian et al., 2013; Deosarkar et al., 2015; Tang et al., 2018; Brown
et al., 2019; Da Silva-Candal et al., 2019)

Blood vessel (Silvani et al., 2019)

Blood vessel: Microvascular network (Rosano et al., 2009; Prabhakarpandian et al., 2011; Lamberti
etal., 2013)

Cancer models (Tang et al., 2017; Terrell-Hall et al., 2017; Vu et al., 2019)

Lung (Kolhar et al., 2013; Liu et al., 2019; Soroush et al., 2020)

Multi-tissue models:

Intestine-Liver-Brain-Kidney (Ramme et al., 2019)
Intestine-Liver-Skin-Kidney (Maschmeyer et al., 2015b)
Liver-Brain (Materne et al., 2015)

Liver-Intestine (Maschmeyer et al., 2015a)
Liver-Kidney (Lin et al., 2020)

Liver-Lung (Schimek et al., 2020)

Liver-Pancreatic islets (Bauer et al., 2017)
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Liver-Skin-Vasculature (Maschmeyer et al., 2015a)

Liver-Testis (Baert et al., 2020)

Skin-Lung cancer (Hubner et al., 2018)

Single tissue models:

Blood vessels (Schimek et al., 2013; Maschmeyer et al., 2015b)

Blood vessels: Micro capillaries (Hasenberg et al., 2015)

Bone marrow (Sieber et al., 2018)

Brain (Materne et al., 2015)

Hair follicle biopsies (Atac et al., 2013)

Intestine (Maschmeyer et al., 2015a)

Kidney (Ramme et al., 2019)

Liver (Maschmeyer et al., 2015a; Materne et al., 2015; Bauer et al., 2017)
Lung (Schimek et al., 2020)

Pancreas: Pancreatic islets (Bauer et al., 2017)

Skin (Atac et al., 2013; Maschmeyer et al., 2015a; Schimek et al., 2018)
Testis (Baert et al., 2020)
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Mei et al.,
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When available, primary and secondary outcomes have been summarized. The symbol indicates if the analyzed factor increases (1) or decreases (1), or does not affect (=) any
extravasation step (ADH, achesion; TEM, transendothelial migration; INV, invasion). When a single symbol is present, the increase/decrease s defined respect to a control condiion.
In the case of factor intensity correlating with effect intensity, two symbols are present to indicate the direct or inverse correlation. When the shear rate was indicated in the paper, we
calculated the corresponding shear stress value, considering a medium viscosity equel to 0.00082Pa x s (Raimondi et al, 2002). (HMECs, human microvascular endothelial cells;
HUVECs, human umbilical vein endothelial cells; MP. metastatic potential: EVM, extravascular matrix; uEnv, microenvironment).





OPS/images/fbioe-08-00936/fbioe-08-00936-t004.jpg
Country Surveys Interviews Delphi Minimum number of individuals participating in at least one stage

Brain tumour in vitro researchers All participants
Belgium 1 1 1 1
Brazil 1 1 1
Germany 4 1 4 5
Ireland 1 2 2 2
Italy 1 1 1 1
Luxembourg 1 1 1
Netherlands 3 3 3
Norway 1 2 2 2
Poland 1 1 1
Slovenia 1 1 1
Sweden 1 1 1
United Kingdom 5 11 7 15
United States 16 2 16 16
Total 34 13 19 4 50





OPS/images/fbioe-08-00907/crossmark.jpg
©

2

i

|





OPS/images/fbioe-08-00907/fbioe-08-00907-g001.gif
IDENTIFCATION

SCREENING
| ite and abstact)

EuGIBILTY
tutitext)

ewoeo

Pubmed eMaase.

et reorss

wes (=109

Records ate removs of duplcates
ne126)

(Records tter remorlofnon-Engis artcles
(o=125)

Reviews (0= 11)
Conferenceproceedings (v = 45)
Records not ound (5]
utoftopic(n=10)

Fulltext arices assessed for eligbity

(0=51)

Fultext s ncudes rom Studis notsatsying the

publshed reiews - < indusion/ecision criera
ne1) (n=25)

Suuis included inthe
Sytematc review
ne27)

Concercelsonly. Immune cels oly Concerand immune cell
=16 (n=8) L n=3)





OPS/images/fbioe-08-00907/fbioe-08-00907-g002.gif
Lt S —

=
e —— =
L — ———
B ——— -
A ————— |
O |
Y ——
[ ——s
o % w0
. Pecenageofsudis
o
kot s = wedim
e m

o 50 100
Percentage of studies





OPS/images/fbioe-08-00936/fbioe-08-00936-t002.jpg
Documents Survey Interviews Searches of
journal criteria
and assessment

databases
Tools for methodological quality and risk of bias (Al Saadi et al., 2016) Y
Cell culture techniques [edited collection] (Aschner et al., 2011) Y
Minimum information about a microarray experiment (MIAME)—toward standards for microarray data (Brazma Y
etal., 2001)
STAR methods guide (CELL Press, 2020) Y Y
Six checklists relating to in vitro models for different organs/systems [COMMERCIAL ENTERPRISE]* i 4
Quality of reporting in systematic reviews — meta-analyses of in vitro studies — a systematic review protocol (Elshafay Y
etal., 2019)
Good cell culture practises and in vitro toxicology (Eskes et al., 2017) Y
EU-NETVAL meeting 10-11th October 2016 (EU-NETVAL, 2016) Y
EU-NETVAL meeting 26th—27th November 2015 (EU-NETVAL, 2015) Y
GOOD IN VITRO METHOD PRACTISES (GIVIMP) (OECD, 2018) Y
EURL ECVAM workshop — inaugural meeting of EU-NETVAL members — 26-27 June 2014 (EURL ECVAM, 2014) Y
Guidelines for the use of cell lines in biomedical research (Geraghty et al., 2014) Y
Perspectives on in vitro to in vivo extrapolations (Hartung, 2018) Y
Hartung et al. (2002) good cell culture practise ECVAM good cell culture practise task force report 1 (Hartung et al., Y
2002)
Definitions relating to cell line authentication (ICLAC, 2019b) Y Y Y
Cell line checklist for manuscripts and grant applications (ICLAC, 2019a) Y i 4 Y
Better reporting for better research: a checklist for reproducibility (Kenall et al., 2015) Y Y Y
UKCCCR guidelines for the use of cell lines in cancer research (UKCCCR, 2000) Y
Reporting recommendations for tumour marker prognostic studies (REMARK) (McShane et al., 2005; Altman et al., Y Y Y
2012)
Enhancing reproducibility through rigour and transparency (NOT-OD-15-103) (NIH-OER, 2015) Y Y
Guidelines for research involving recombinant or synthetic nucleic acid molecules (NIH, 2019) Y Y
Principles and guidelines for reporting preclinical research (NIH, 2017) Y Y
Advisory document of the working group on good laboratory practise the application of the principles of GLP to Y
in vitro studies (OECD, 2004)
Good cell culture practise for stem cells and stem-cell-derived models (Pamies et al., 2017) Y
Extending a risk-of-bias approach to address in vitro studies — a systematic review protocol (Rooney, 2015) Y
In vitro acute and developmental neurotoxicity screening — an overview of cellular platforms and high-throughput Y
technical possibilities (Schmidt et al., 2017)
Promoting coherent minimum reporting guidelines for biological and biomedical investigations — the MIBBI project Y

(Taylor et al., 2008)

*Documents marked [COMMERCIAL ENTERPRISE] were provided on condition of confidentiality of content.
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- * Extravasating
monooytes 1
TEM of cancer
cells

* Extravascular
monocyte-
derived

« macrophages 1
TEM of
cancer cells

Secondary
outcome(s)

* LPS-stimulated
neutrophils 1
ADH of
cancer cells

* Extravascular
monocyte-
derived
macrophages 1
INV of
cancer cells

References

Chenetal.,
2018

Boussommier-
Calejaetal.,
2019

Kimetal.,
2019

When available, primery and secondary outcomes have been summarized. The symbols indicate f the analyzed factor increases (1), decreases (1), or does not affect (=) any extravasation
step (ADH, adhesion; TEM, transendothelial migration; INV, invasion). When a single symbol s present, the increase/decrease is defined respect to a control condition. In the case of factor
intensity correlating with effect intensity, two symbols are present to indlicate the direct or inverse correlation (MVN, microvascular network; HMECs, human microvascular endothelial

cells; HUVECs, human umbilical vein endothelial cells; EVM, extravascular matrix).
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(<) any extravasation step (ADH, adhesion; TEM, transendothelial migration; INV, invasion).

When a single arrow is present, the increase/decrease is defined respect to a control condltion. In the case of factor intensity correlating with effect intensit, two symbols are present
to indlicate the direct or inverse correlation. When the shear rate was indicated in the paper, we calculated the corresponding shear stress value, considering a mediun viscosity equel
0 0.0002Pa x s (Raimondi et al., 2002). (MVN, microvascular network; HMECs, human microvascular endothelia cells; HUVECS, human umbilcal vein endothelial cells; iPSC-ECs,
induced pluripotent stem cell-derived endothelial cells; EVM, extravascular matrix).





