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Editorial on the Research Topic
 Cranial Placodes and Neural Crest Interactions in Craniofacial Development



The vertebrate head is characterized by a complex craniofacial skeleton and paired sensory organs. These structures are derived from two adjacent embryonic cell populations, the neural crest and cranial placodes. The neural crest contributes to the craniofacial skeleton and a subset of cranial ganglia, while cranial placodes form the anterior pituitary, optic lens, inner ear, olfactory epithelium and several cranial ganglia. Defects in cranial neural crest and placode development can cause a wide array of human congenital malformations ranging from craniofacial disorders to hormone imbalance and sensory deficits. Throughout head development, reciprocal interactions between neural crest and placode cells are essential to drive the coordinated morphogenesis of multiple craniofacial structures. For this Research Topic, we have collected 14 research articles and reviews, analyzing and discussing at the cellular, molecular and genetic levels the role of the neural crest and cranial placodes in craniofacial development, and the importance of their interactions to organize the orofacial complex.

Neural crest and placode cells are truly evolutionary marvels. Together, they build much of the peripheral nervous system and sense organs that reside in the vertebrate head. Notably, the intricate interactions that occur between these two cell types endow vertebrates with features that distinguish them from their invertebrate ancestors. Indeed, comparative studies between jawless and jawed vertebrates have revealed molecular signatures of neural crest and placode cells, shedding light on the gene products and developmental signaling pathways that are involved in mediating neural crest-placode cell interactions in these distinct vertebrate lineages. York et al. discusses the origin of, and associations between, neural crest and placode cells in the jawed vertebrate head. Here, the authors delineate the gene regulatory networks (GRNs) that control neural crest and placode cell development and highlight how the coordinated movement and coalescence of neural crest and placode cells during embryogenesis is essential to yield functional sensory structures such as the cranial ganglia. These findings are reviewed in the context of jawed and jawless vertebrates, the latter relying on seminal results obtained from lamprey and hagfish. Importantly, recent studies demonstrate both evolutionary conservation and differences between jawed and jawless vertebrates with respect to the assembly of the cranial ganglia from neural crest and placode cells, generating a testable model for how these critical cell types appeared and worked in concert in ancestral vertebrates to pattern the craniofacial apparatus.

At the end of gastrulation, neural crest and cranial placodes arise from a narrow domain of the embryonic ectoderm immediately adjacent to the prospective neural plate, the neural plate border. In a pair of reviews, Thawani and Groves and Seal and Monsoro-Burq describe the major signaling molecules and transcription factors controlling the inductive and patterning events that elicit the development of these lineages at the neural plate border. Despite a growing understanding of the early GRN that controls the formation of the neural plate border during early embryonic stages, both reviews highlight important gaps in knowledge that will need to be resolved to understand how these two cell populations are established given their close proximity and similar developmental timeframe. The authors also consider outstanding questions in the field and how recent advances in transcriptomic analyses may help address these unresolved issues.

As discussed by Thawani and Groves and Seal and Monsoro-Burq, the neural plate border is defined by a unique signature of transcription factors among which Sox proteins are key players. Mutations in genes encoding SOX proteins have been linked to pathologies, often affecting multiple organ systems including the orofacial complex. Schock and LaBonne summarize the major classes of Sox factors and their role in the regulation of various aspects of neural crest development, including specification, multipotency retention, migration and differentiation. They highlight the importance of a subset of these genes in directing the development of neural crest- derived craniofacial structures through their unique ability to regulate craniofacial bone and cartilage formation, and drive palatogenesis, odontogenesis and salivary gland development. Finally they describe the clinical and molecular features of several SOXopathies, a group of rare multisystem developmental disorders. The prevalence of craniofacial defects in SOXopathies underscores the critical roles these factors have in the development and evolution of the vertebrate craniofacial complex.

In the last decade, modules of the neural crest GRN have been characterized in multiple organisms. This information has significantly improved our understanding of the mechanisms underlying the complex developmental trajectory of the neural crest. In their review, Chong-Morrison and Sauka-Spengler discuss recent advances in the characterization of the cranial neural crest GRN through state-of-the-art multi-omics approaches. They summarize how parallel considerations of transcriptome, interactome, and epigenome data sets have substantially refined the roles of the key players identified during the pre-omics era. They also discuss key questions that can now be addressed through a multi-omics approach and the development of new, unbiased functional genomics integration tools.

Neural crest cell migration is a process essential for the correct anatomical positioning of neural crest derivatives within the developing embryo. As highlighted in Barriga and Theveneau, neural crest cells employ a variety of different mechanisms, or “mixotaxis,” to ensure successful migration. Using Xenopus cranial neural crest cells as an example, the authors discuss different strategies that may be used by neural crest cells to accomplish migration. These include chemotaxis, in which cells respond to a gradient of soluble guidance factors, or haptotaxis, in which the cue is a bound signal; durotaxis, whereby cells move from softer to stiffer substrates; ratchetaxis, in which migratory cells are confined to a local route due to the presence of physical and/or chemical barriers; and galvanotaxis, whereby electric fields can influence cell migration. It is important to note that, with the preceding types of migratory mechanisms, it is often challenging to obtain in vivo data to support their existence due to the complex nature of the environmental milieu in the embryo, which directly impacts the migratory capacity of neural crest cells.

The molecules that mediate the formation, migration and differentiation of neural crest and placode cells have been the subject of investigation by many groups. In this Research Topic, Manohar et al. and Mo et al. tackle the former in the neural crest, identifying roles for Cadherin-11 and Platelet-Derived Growth Factor Receptors (PDGFRa and PDGRFb), respectively. While Cadherin-11 function in Xenopus neural crest cells (migration) and cancer cells (proliferation, survival, and migration) has been well-documented, studies by Manohar et al. in the chick embryo reveal that Cadherin-11 acts during neural crest cell specification. Cadherin-11 is first expressed in the neural plate, and is maintained throughout the formed neural tube and later observed in migratory neural crest cells. Knockdown of Cadherin-11 reduces the number of premigratory cranial neural crest cells and negatively impacts neural crest cell survival, in part, through activation of p53-mediated apoptosis. Ultimately this influences neural crest cell migration, as fewer neural crest cells are available to migrate, and those that do migrate do so poorly due to the absence of filopodia and lamellipodia. Collectively, these data point to multiple functions for Cadherin-11 in the forming neural crest.

Mo et al. investigated the role of receptor tyrosine kinase signaling in murine craniofacial development by ablating both PDGFRa and PDGFRb from the cranial neural crest. Through these studies, a genetic interaction could be identified between the two receptors and, notably, the presence of additional conditional alleles exacerbated phenotypes exhibited by the mutants. These phenotypes included increased distance between the nasal pits, facial hemorrhaging, misshapen fore- and/or midbrain, facial blebbing, and facial clefting. Further experiments revealed that PDGRa regulates the size and shape of the cranial neural crest cell migratory stream, with PDGFRb only contributing minimally. Both receptors, however, augment neural crest cell proliferation earlier in development, while during mid-gestation, PDGFRb signaling predominates with respect to controlling the proliferation of the craniofacial neural crest-derived mesenchyme. Interestingly, neither receptor functions during mid-gestation to control the survival of the cranial neural crest-derived mesenchyme. Taken together, these data reveal the roles of each PDGFR in the cranial neural crest and, subsequently, craniofacial development.

Canonical Wnt signaling is especially critical for neural plate border formation and craniofacial morphogenesis, and dysregulation of Wnt signaling has been linked to several craniofacial syndromes. To gain insights into these pathologies, Hutchins et al. sought to identify novel downstream targets of canonical Wnt signaling. To this end, they performed RNA-seq on sorted chick cranial neural crest cells overexpressing Draxin, a potent Wnt antagonist, which also interferes with the cranial neural crest epithelial-mesenchymal transition (EMT). The authors identified and validated a novel Wnt-responsive gene, RHOB, a member of the Rho GTP-binding protein family. Because RHOB is a known BMP-responsive gene in the trunk neural crest, by electroporation of a BMP reporter construct they confirmed the lack of active BMP signaling in cranial neural crest post-EMT, and demonstrated RHOB activation by expression of a stabilized form of b-catenin. These results highlight the importance of crosstalk between signaling pathways and axial level-specific interactions in the regulation of cranial neural crest development and craniofacial morphogenesis.

The complexity of the vertebrate head, containing as it does a wide variety of distinct neural crest and placodal derivatives, pleads for the importance of a multitude of specific molecular mechanisms in its development. In a genetic screen for regulators of craniofacial development, Dash et al. identified a mutant they named snouty that exhibits abnormalities of the facial prominences, cranial nerves and vasculature. Surprisingly, rather than affecting a gene involved specifically in craniofacial development, snouty codes for Med23, a subunit of the Mediator complex of proteins required for the transcriptional control of genes in all tissues. The allele isolated in the study represents a partial loss of Med23 function that can be rescued, in part, by attenuating Wnt signaling. The results highlight the importance of undertaking forward genetic screens, even in systems such as the mouse. Furthermore, they reinforce the idea that so called housekeeping factors can have very specific developmental roles depending on the context.

Cranial neural crest cells express specific combinations of Hox genes based on their origin in the hindbrain. As they populate the pharyngeal arches (PA), neural crest cells respond to signals from the pharyngeal surface ectoderm and endoderm, which will determine their fate. Zhang et al. investigate the role of nested expression domains of Hox genes in the pharyngeal epithelium in the control of PA morphogenesis and differentiation. Transgenic mouse embryos with ectopic expression of Hoxb3 in the ectoderm pharyngeal epithelium of PA2 have multiple cranial nerve and skeletal defects. This phenotype correlates with a regionalized up-regulation of Jag1 expression, a Notch ligand, in the ectoderm epithelium of PA2. The authors demonstrate through in vivo chromatin immunoprecipitation and in vitro luciferase reporter assays that Hoxb3 can directly bind to a cis-acting regulatory region at the Jag1 locus to transactivate its expression. The work highlights the importance of pharyngeal epithelial and cranial neural crest cell interactions and the interplay between Hox genes and signaling molecules to promote PA and craniofacial development.

With the appearance of neural crest cells and placode cells in vertebrates, complex structures could be formed, such as the craniofacial skeleton, peripheral nerves, and paired sense organs. In his recent review, LaMantia posits that neural crest cells act as “inductive ambassadors” to promote the differentiation of craniofacial tissue and to serve as an initial conduit between the former and the brain. Neural crest-derived mesenchymal cells participate in interactions with epithelia and also directly supply signals to orchestrate tissue morphogenesis and differentiation. Using examples from normal embryogenesis (e.g., olfactory development) and various diseases possessing physical anomalies, cardiovascular defects and behavioral deficits (e.g., DiGeorge's Syndrome), data is put forth supporting the notion that the inductive cues provided by neural crest cells, along with neural crest-derived mesenchymal/epithelial interactions, are vital in driving tissue morphogenesis at sites outside of the face, such as the limbs and heart, and in forming proper neural circuits. Importantly, these studies have revealed signaling pathways and causative genes, the latter of which are expressed both in the brain and at sites of neural crest-derived mesenchymal/epithelial interactions in the developing embryo. Collectively, this review further underscores the intricate relationship and inherent cross-talk between the brain/neural tube, which initially possesses neural crest cells, and the face and other structures to which neural crest cells give rise.

The olfactory placodes form several cell types within the olfactory system such as gonadotropin releasing hormone-1 (GnRH-1) neurons, the first neuronal population present in the developing olfactory pit. However, the olfactory pit houses multiple neurons, including those expressing the transcription factor Islet1 (Isl1). To determine the role of Isl1 in GnRH development in the mouse, Taroc et al. document Isl1 expression, characterize the Isl1 lineage, and evaluate the phenotypes of GnRH neurons lacking Isl1. Isl1 is expressed in proliferating epithelial precursors that will give rise to neurons and later is noted in almost 90% of GnRH1-positive neurons in the olfactory pit. Lineage tracing of Isl1-expressing cells through the use of a tamoxifen inducible or constitutive Cre line results in the labeling of many different cell types. Finally, conditional knockout of Isl1 in GnRH1 neurons revealed that Isl1 is not required for the migration of GnRH1 neurons nor expression of GnRH itself. In summary, these results raise the question as to the role of Isl1 in GnRH neuron development and point to the need for additional postnatal studies to shed light on Isl1 function.

Finally, Cheung et al. present the characterization of a rare cell type in the olfactory epithelium of the zebrafish. Olfactory rod cells display a prominent actin-rich projection at their apical surface. While not previously described in zebrafish, these cells have already been reported in other teleost but whether they represent artifacts of fixation has until now remained a possibility. In the present study, live imaging was used to verify the presence of an actin-rich rod unequivocally. Although the function of these rare cells remains a mystery, possibilities range from odor-sensing to a role in immunity, in a manner similar to brush or tuft cells described in mammals. Future studies will be needed to address these possibilities, and to determine the developmental origin of this intriguing cell type.


PERSPECTIVES

As illustrated by these contributions, cranial placode and neural crest cells are engaged in reciprocal interactions throughout their developmental history that influence their fate, behavior and ultimate differentiation. While much has been learned in the past decade on the importance of these interactions during vertebrate head development, it remains a burgeoning field. With the introduction of multi-omic and single cell analyses, the next decade is expected to bring a wealth of new information on the development of these two cell types. One important challenge moving forward is to further refine the hierarchy of signaling molecules and downstream transcriptional regulators that form the basis of the placode and neural crest GRNs in order to understand how these adjacent cell populations are independently established at the neural plate border. It is especially critical to validate functionally the direct vs. indirect regulations among these factors. Another unresolved question relates to the molecular bases of placode and neural crest multipotency, a topic that is still under active debate. Through deployment of a wide array of signaling cues, placode and neural crest cells cross-regulate their respective migration and differentiation, but how these cells integrate inputs from multiple sources, both spatially and temporally, to build the craniofacial complex remains obscure and is essential to investigate. These are just a handful of questions and challenges that the craniofacial biology community will likely face in the upcoming years. We are extremely grateful to all the authors and reviewers who made this collection possible. We hope these articles will stimulate further interest and inspire young scientists to tackle some of these and other outstanding questions in the field.
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Neural crest and placodes are key innovations of the vertebrate clade. These cells arise within the dorsal ectoderm of all vertebrate embryos and have the developmental potential to form many of the morphological novelties within the vertebrate head. Each cell population has its own distinct developmental features and generates unique cell types. However, it is essential that neural crest and placodes associate together throughout embryonic development to coordinate the emergence of several features in the head, including almost all of the cranial peripheral sensory nervous system and organs of special sense. Despite the significance of this developmental feat, its evolutionary origins have remained unclear, owing largely to the fact that there has been little comparative (evolutionary) work done on this topic between the jawed vertebrates and cyclostomes—the jawless lampreys and hagfishes. In this review, we briefly summarize the developmental mechanisms and genetics of neural crest and placodes in both jawed and jawless vertebrates. We then discuss recent studies on the role of neural crest and placodes—and their developmental association—in the head of lamprey embryos, and how comparisons with jawed vertebrates can provide insights into the causes and consequences of this event in early vertebrate evolution.

Keywords: cyclostomes, lamprey, hagfish, CRISPR/Cas9, evo-devo


INTRODUCTION

The vertebrate head is a complex tapestry of morphological features woven together during embryonic development from a varied array of specialized cell types. Although some of the features in the vertebrate head are derived from populations of cells that are evolutionarily ancient, and hence not unique to vertebrates (e.g., mesoderm and endoderm), there are two notable exceptions to this observation—the neural crest and placodes (Gans and Northcutt, 1983; Couly et al., 1993; Santagati and Rijli, 2003; Kuratani, 2008; Square et al., 2016b; Hall, 2018; Kuratani and Ahlberg, 2018; Cheung et al., 2019). Both neural crest cells and placodes are found only in vertebrate animals and they are responsible for constructing many of the traits that uniquely define the vertebrate clade (Figure 1), including the cartilage and bone of the head and jaw skeleton, neurons and glia of the peripheral sensory nervous system, colorful patterns of pigmentation, and much more (Green et al., 2015; Ziermann et al., 2018; Fish, 2019; Martik et al., 2019; Vandamme and Berx, 2019; York and McCauley, 2020b).

[image: Figure 1]

FIGURE 1. Relationships between neural crest (blue), placode (green), and central nervous system (CNS; pink) populations in vertebrates, with some neural crest and placode derivatives listed on either side. Embryo is viewed from the dorsal aspect.


Given the developmental and evolutionary significance of neural crest and placodes, it should be no surprise that they have remained some of the most intensively studied and scrutinized populations of cells by vertebrate embryologists since their discovery over 150 years ago (His, 1868; Van Wijhe, 1883; Froriep, 1885; von Kupffer, 1891, 1893; Platt, 1894; Conel, 1942; Damas, 1943; Yntema, 1944). Most contemporary researchers in the fields of neural crest and placode “evo-devo” have directed their efforts and expertise toward the study of either neural crest or placodes in isolation, the inevitable result of specialization that characterizes modern scientific research. But it is important to recognize that the “origin story” of the vertebrates cannot be told from the perspective of either cell population alone. Rather, it was and is the intimate association of both neural crest and placodes in the head of vertebrate embryos that came to distinguish the vertebrates from their invertebrate chordate relatives, a point emphasized by Gans and Northcutt almost four decades ago (Gans and Northcutt, 1983; Northcutt and Gans, 1983). Thus, to understand the origin of the vertebrates is to understand how these cell populations became developmentally and evolutionarily coupled in our earliest vertebrate ancestors.

Here, we review the evolution of the developmental association of neural crest and placodes from the perspective of the jawless (cyclostome or “agnathan”) vertebrate lineage. We describe shared and derived patterns of neural crest and placode development in these animals and compare them to well-studied examples from traditional jawed vertebrate model systems. We then focus on recent work describing the developmental association of neural crest and placodes in the head of jawless vertebrate embryos and how these studies, when placed within a comparative embryology framework, can provide important clues as to how the intimate relationship between these unique cell populations first evolved in early vertebrates.



DEVELOPMENT OF NEURAL CREST AND PLACODES IN JAWED VERTEBRATES

The jawed, or gnathostome, vertebrates are a monophyletic group that includes representatives of all but two extant lineages of vertebrate animals that diversified from a common ancestor nearly 475 million years ago (Brazeau and Friedman, 2015; Nelson et al., 2016). Jawed vertebrates are comprised of groups such as aquatic “fishes” (quotations denote a paraphyletic assemblage), as well as “amphibians,” “reptiles,” birds, and mammals that share traits including articulated jaws with teeth, paired fins, and paired nasal openings (diplorhiny), among others (Brazeau and Friedman, 2014, 2015). Much of our understanding of the development and evolution of neural crest and placodes has been informed by “traditional” model systems belonging to the jawed vertebrate lineage (e.g., mouse, Xenopus, and zebrafish). This is due in part to convenience as many jawed vertebrate models are relatively easy to obtain and rear in standard laboratory conditions, have publicly available and well-annotated genomes and transcriptomes, and are amenable either to the propagation of stable genetic lines and/or modern genome editing, and high-throughput molecular techniques. Below, we describe briefly the developmental mechanisms and genetic control of neural crest and placode development in jawed vertebrates.


Neural Crest

The neural crest is a migratory, embryonic stem cell population that gives rise to diverse tissues and structures throughout the vertebrate head and trunk, including much of the cartilage and bone of the craniofacial skeleton, melanocytes, many of the sensory neurons and glia of the peripheral nervous system, endocrine cells, as well as tooth and heart primordia (Figure 1; Le Douarin and Kalcheim, 1999; Hall, 2008; Trainor, 2013; York and McCauley, 2020b). Moreover, it has been shown recently that the trunk skeletal tissue in extant cartilaginous fishes such as sharks is also derived from neural crest cells, a feature likely homologous to the body armor of long-extinct fishes such as the “ostracoderms” and “placoderms” (Gillis et al., 2017).

Neural crest cells arise in the neural plate border, a region positioned between the medial neural plate (presumptive central nervous system, CNS) and lateral non-neural ectoderm (comprised of presumptive placodes and epidermis; Le Douarin and Kalcheim, 1999; Hall, 2008; Trainor, 2013). During neurulation, the neural plate borders elevate and fuse at the dorsal midline (i.e., the “crest”) of the neural tube (His, 1868; Le Douarin and Kalcheim, 1999; Hall, 2008; Trainor, 2013). Soon thereafter, these cells delaminate from the neural tube, undergo an epithelial-to-mesenchyme transition (EMT), and then embark on long-distance migrations throughout the head and trunk. In the head, cranial neural crest cells typically migrate in streams of aggregated cells, whereas trunk neural crest cells often migrate as individual cells or small groups of cells (Vega-Lopez et al., 2017; Szabó and Mayor, 2018; Li et al., 2019; Goldberg et al., 2020). After tracking along specific routes throughout the embryo, which are shaped in large part by cell-cell guidance systems, neural crest cells finally reach their destination and differentiate into a specific cell type.

As with any other process in the embryo, neural crest development proceeds by the activities of a gene regulatory network (GRN), a complex and organized set of genetic interactions and intercellular signaling pathways that progressively define the regulatory state of these cells from their earliest stages in the neural plate border to their differentiation into cartilage, bone, neurons, and pigment (Bronner, 2014; Simões-Costa and Bronner, 2015; Williams et al., 2019). The neural crest GRN is a spatial and temporal continuum of gene regulatory interactions from start to finish, and cannot therefore, be broken down into completely separable units for each stage of development. We can, however, recognize and study unique GRN “subcircuits”—a set of common gene regulatory interactions that govern similar mechanisms of neural crest development across highly divergent groups (e.g., mouse and fish; Meulemans and Bronner-Fraser, 2004; Sauka-Spengler et al., 2007; Simões-Costa and Bronner, 2015; Hockman et al., 2019; Parker et al., 2019).

The first of these GRN subcircuits is involved in neural crest induction. This is controlled by intercellular signaling systems that are evolutionarily conserved across metazoans, including members of the Bmp, Wnt, Fgf, and Delta-Notch families (Milet and Monsoro-Burq, 2012; Simões-Costa and Bronner, 2015). These signaling systems are activated in the neural plate, mesoderm and non-neural ectoderm, and converge on regulatory targets in the neural plate border, such as Pax3/7, Msx1/2, Zic1/2, and Prdm1 (Milet and Monsoro-Burq, 2012; Pla and Monsoro-Burq, 2018). These so-called neural plate border specifiers in turn regulate expression of neural crest specifiers in the dorsal neural tube (SoxE-family, FoxD3, Tfap2a, Myc, Twist, Snai1/Snai2, Id, and EdnrB), which endow the neural crest with a distinct “molecular anatomy” that enables these cells to detach from the neural tube, undergo EMT and migrate, and generate specific precursors (Martik and Bronner, 2017; Lukoseviciute et al., 2018; Ling and Sauka-Spengler, 2019; Soldatov et al., 2019; Rothstein and Simões-Costa, 2020). Neural crest cell differentiation involves the deployment of gene batteries such as Sox9, Sox5/6, and Col2a1 for cartilage, Sox10, Mitf, and Tyr for melanocytes, and Phox2, Ascl, and Hand2 for sympathetic neurons (Simões-Costa and Bronner, 2015).



Placodes

Placodes arise as localized thickenings of ectoderm that in turn give rise to cells that make up many of the sensory components in the vertebrate head, such as cranial ganglia and organs of special sense (Figure 1; Schlosser, 2005, 2006, 2010; Patthey et al., 2014). Although there are slight variations across different jawed vertebrate groups, cranial placodes can be categorized broadly into adenohypophyseal, olfactory, lens, trigeminal (ophthalmic = V1, maxillary = V2, and mandibular = V3 divisions), epibranchial, and lateral line placodes (Schlosser and Northcutt, 2000; Xu et al., 2008; Patthey et al., 2014; Piotrowski and Baker, 2014). All of these, with the exception of the adenohypophyseal and lens placodes, produce various types of sensory and/or secretory cells (Schlosser and Ahrens, 2004; Schlosser, 2006, 2010). In addition to variation in the number and/or types of placodes present in different lineages, some placodes have been lost during evolution, such as that of the lateral line placodes eliminated in amniotes during the water-to-land transition (Schlosser, 2005; Washausen and Knabe, 2018).

Placodes arise in the non-neural ectoderm just lateral to the neural plate border, a region known as the pre-placodal ectoderm (PPE; Saint-Jeannet and Moody, 2014; Moody and LaMantia, 2015). The PPE is shaped like a horse-shoe, which wraps peripherally around the anterior neural plate and neural plate border and subsequently fractures into smaller clusters that represent the progenitors of each placode (Saint-Jeannet and Moody, 2014; Moody and LaMantia, 2015). These progenitors will then undergo invagination and/or delamination before differentiating into various types of sensory cells.

The GRN controlling placode developmental in jawed vertebrates has been less intensively studied than that of neural crest cells, but there are still several important conclusions that can be drawn. Induction of the PPE occurs by some of the same intercellular signaling systems that induce neural crest cells (e.g., Fgf, Bmp, Wnt, and retinoic acid; Baker and Bronner-Fraser, 2001; Lassiter et al., 2014; Singh and Groves, 2016). Placode specification occurs via Six and Eya (Six1, Six4, Eya1, and Eya2) factors, which can be viewed as “master regulators” of placode development, in the sense that they are some of the earliest expressed genes in the PPE, they are often continually expressed throughout development in most placodes, and they are functionally required for placode formation in numerous contexts (Sullivan et al., 2019). For example, in Xenopus, several transcriptional regulators of neural crest and placode development expressed in the neural (Pax3, Hairy2b, and Zic1) and non-neural (Tfap2a, Msx1, Dlx3) ectoderm are themselves regulated by Six1 and Eya1 (Maharana and Schlosser, 2018). Recent transcriptomic analyses have identified hundreds of putative regulatory targets of Six1 and Eya1, including those involved in production of neural progenitors, such as Sox2 and Hes8, and in sensory cell/neural differentiation via Ngn1 and Atoh1 (Riddiford and Schlosser, 2016). Additionally, a handful of transcription factors that are important in development of the ectoderm generally, and neural crest specifically, also have overlapping functions in early placode development (e.g., Dlx, Msx, Pax, Zic families, Tfap2a, Gata, and Foxi). Of these, there is evidence that a “Pax code” involving Pax6, Pax3/7, and Pax2/5/8 may pattern placodes along the anterior-posterior axis (Mansouri et al., 1996; Dahl et al., 1997; Baker and Bronner-Fraser, 2000; Modrell et al., 2014). Finally, cell type differentiation of placodes requires the activity of transcription factors known to regulate neural and sensory cell differentiation in deuterostomes and bilaterians, including homologs of atonal (Ath1 or Math1 in mouse) and achaete-scute (Ash1 or Mash1 in mouse), as well as NeuroD, Islet1, Phox2a, Phox2b, Brn3a, and Brn3c (Schlosser, 2006).




INTERACTIONS OF NEURAL CREST AND PLACODES IN THE JAWED VERTEBRATE HEAD

Neural crest and placodes are both vertebrate novelties, but they are also distinct in several ways. Perhaps the most obvious difference is that neural crest cells are capable of generating both ectomesenchyme (e.g., cartilage and bone) and non-ectomesenchyme (e.g., neurons, glia, pigment, and secretory cells), and form throughout the head and trunk. Placodes, by contrast, can only give rise to non-ectomesenchyme and arise exclusively in the head (Baker and Bronner-Fraser, 1997, 2001; Patthey et al., 2014). Another key difference is that whereas EMT and migration are a sine qua non of neural crest development, placodes may instead simply invaginate (e.g., lens, adenohypophyseal, and otic placodes) without migrating far from their site of origin (Schlosser, 2002, 2006, 2010). Finally, although they develop as adjacent cell populations in the ectoderm, neural crest and placodes in most jawed vertebrates, with a few notable exceptions, have relatively divergent GRNs that orchestrate their development, even though they likely share a common evolutionary origin (Grocott et al., 2012; Moody and LaMantia, 2015; Riddiford and Schlosser, 2016; Maharana et al., 2017; Martik and Bronner, 2017; Plouhinec et al., 2017; Horie et al., 2018; Maharana and Schlosser, 2018; Streit, 2018).

Despite these differences, there is a crucial, but often neglected aspect shared by both neural crest and placodes when discussing the issue of vertebrate origins: these cells work together during development to coordinately generate important structures in the vertebrate head (Grocott et al., 2012; Steventon et al., 2014). The clearest example of this is the creation of the paired sensory ganglia of the cranial peripheral nervous system—structures that are thought to have enabled the transition from passive filter feeding to active predation in early vertebrates (Figure 2; Gans and Northcutt, 1983; Northcutt and Gans, 1983; Northcutt, 2005). Several cranial sensory ganglia are a mosaic of neural crest and placodes, and both cell types must not only be organized together into morphologically and functionally coherent structures, but these structures must in turn form and maintain appropriate connections with the embryonic CNS (Figure 2). For example, placode-derived and neural crest-derived cells in amniotes contribute to distinct proximal and distal components, respectively, of the facial (VII), glossopharyngeal (IX), and vagus (X) nerves (Figure 2; D’Amico-Martel and Noden, 1983; Barlow, 2002; Steventon et al., 2014). In the trigeminal ganglion placodes generate sensory neurons mostly within the distal aspect, whereas neural crest cells produce neurons within the proximal aspect and glia in both aspects (Hamburger, 1961; Lwigale, 2001).
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FIGURE 2. Organization of cranial sensory ganglia in a jawed vertebrate (chicken). Cranial ganglia are pink and dorsal root sensory ganglia (drg) are green. The image on the right shows the distinct proximal and distal ganglion compartments that are formed by neural crest and placodes, respectively, modified from Barlow (2002).


Throughout vertebrate craniofacial development, neural crest and placodes are physically associated, and their mutual interactions coordinate the formation of cranial sensory ganglia (Steventon et al., 2014). During early development, placodes delaminate and migrate slightly earlier than neural crest cells. In cases where both cell populations contribute to ganglia (e.g., epibranchial), earlier-migrating placode cells are usually followed closely behind by cranial neural crest, whereas other placodes, such as the otic, may act as barriers that shape the migratory paths of cranial neural crest originating from the hindbrain en route to the pharyngeal arches (Steventon et al., 2014). Although not all cranial neural crest cells contribute to cranial ganglia, there is evidence that they may physically segregate and individuate placode-derived ganglionic clusters during migration, a phenomenon which may be reciprocated by placodes to enable the formation of neural crest streaming in the head (Theveneau et al., 2013; Szabó et al., 2019). These types of intercellular interactions can occur quite early in development, with neural crest and placodes each appearing to be required for the other to undergo migration and morphogenesis of craniofacial structures in a “chase-and-run” model whereby early migrating placodes chemoattract (via Sdf) trailing neural crest cells that express the corresponding receptor (CXCR4; Theveneau et al., 2010, 2013). Upon physical contact, the neural crest cell then repels the placode cell away. These repeated sets of interactions are thought to bring about the proper migration and shaping of each cell population into ganglia (Steventon et al., 2014).

The close developmental association of neural crest and placodes continues throughout vertebrate craniofacial development, with both modern and classical embryological experiments demonstrating an interdependence of the two populations for proper patterning of the cranial PNS (Steventon et al., 2014). In many of these studies, ablation of the neural crest did not lead to an obvious loss of cranial ganglia per se, but rather inappropriate positioning and morphology of the ganglion concomitant with abnormal or absent projections to the CNS (Yntema, 1944; Begbie and Graham, 2001). Additionally, development of distal ganglia can occur in absence of the proximal components (Kuratani et al., 1991). Genetic ablation of the neural crest or perturbation of proper neural crest migration can lead to inappropriate fusions of otherwise physically separated ganglia (Gassmann et al., 1995; Golding et al., 2004; Osborne et al., 2005; Schwarz et al., 2008). Finally, there is evidence that cranial neural crest cells actively form “corridors” that actually guide the migration and orchestrate patterning of sensory neurons derived from placodes (Freter et al., 2013). These results all point to an important role in the interaction of neural crest and placodes to form cranial sensory ganglia in the head of jawed vertebrates.



CYCLOSTOMES AND THE EVOLUTIONARY ANALYSIS OF NEURAL CREST AND PLACODES

The accurate reconstruction of ancestral vertebrate conditions, including the developmental association of neural crest and placodes in the vertebrate head, requires the careful choice of study systems within a comparative (evolutionary) framework. Embryological studies of model systems from the jawed vertebrate lineage, no matter how carefully or elegantly done, tell us little about ancestral conditions. To do that requires that we compare developmental mechanisms between the two major lineages of vertebrates—the jawed and jawless clades—as well as a suitable outgroup, such as the invertebrate chordates. It is this simple but powerfully informative methodology that allows us to infer how developmental associations between neural crest and placodes evolved in the last common ancestor of vertebrates (Shimeld and Donoghue, 2012; York and McCauley, 2020a).

The extant jawless vertebrates, also known as the cyclostomes (Figure 3), are a monophyletic group of animals, and are the sole survivors of a diverse assemblage of jawless fishes that were among the first of their kind to evolve on this planet over 500 million years ago (Hardisty, 1979; Heimberg et al., 2010; Miyashita et al., 2019; York and McCauley, 2020a). They are represented by only two extant groups, the lampreys and hagfishes, which diverged from one another not too long after the cyclostome-gnathostome split. The importance of cyclostomes in understanding vertebrate origins resides in their phylogenetic position as the closest living relatives (i.e., sister group) of the jawed vertebrates (Heimberg et al., 2010). This means that developmental comparisons between jawed and jawless vertebrates allow us, in essence, to work backwards in time and infer how neural crest and placodes became associated in the embryonic head of our vertebrate ancestors, and how subsequent vertebrate lineages elaborated upon these ancestral conditions.
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FIGURE 3. Lampreys (A) and hagfish (B) are the only extant jawless vertebrates. (C) Phylogenetic tree showing relationships among vertebrates and invertebrate chordates. Hagfish and lamprey are on top forming the jawless cyclostome clade, with the jawed vertebrates below. The closest living relatives to the vertebrates are the tunicates, a lineage of invertebrate chordates (bottom). Images from panels (A) and (B) were used with permission from Wikipedia Commons.




DEVELOPMENT OF LAMPREY NEURAL CREST AND PLACODES

For those interested in comparative vertebrate embryology, lampreys have been the cyclostome study system of choice for quite some time (Green and Bronner, 2014; McCauley et al., 2015; York et al., 2019a). This owes largely to the fact that lamprey adults and their embryos are relatively easy to obtain and rear in simple laboratory settings, at least compared to hagfish (York et al., 2019a; described below). Moreover, accessibility to annotated genomes and transcriptomes, as well as the application of modern molecular genetic techniques such as cell lineage tracing, overexpression of DNAs and RNAs, and knockdown/knockout experiments such as morpholinos and CRISPR/Cas9 genome editing has allowed researchers to address long-standing hypotheses concerning the origin and evolution of vertebrate traits, including neural crest and placodes (McCauley and Bronner-Fraser, 2006; Smith et al., 2013, 2018; Parker et al., 2014; Square et al., 2015; Zu et al., 2016; Hockman et al., 2019; York et al., 2019a; York and McCauley, 2020a).


Neural Crest

Lampreys, like all other vertebrates, have bona fide neural crest cells. They first arise in the neural plate border and are then brought by neurulation to the dorsal neural tube. From there, they delaminate and undergo an EMT before migrating throughout the head and trunk, where they will eventually reach their target destinations and help generate many morphological features shared with the jawed vertebrates, including a cartilaginous head skeleton, sensory neurons and glia of the peripheral nervous system, and melanocytes (Newth, 1950, 1951, 1956; Nyut, 1955; Langille and Hall, 1988; Horigome et al., 1999; McCauley and Bronner-Fraser, 2003). However, lampreys also lack several of the neural crest-derived structures found in their jawed vertebrate relatives. Included among these are jaws, the myelin sheath surrounding neurons, and sympathetic chain ganglia (Bullock et al., 1984; Shigetani et al., 2002; Häming et al., 2011; Green and Bronner, 2014; Yuan et al., 2018).

The genetic control of neural crest development in lampreys is also very similar to that of jawed vertebrates. The total set of genetic interactions that unfold during neural crest embryogenesis in lampreys, like other vertebrates, is structured into a GRN. This GRN can be broken down into “subcircuits” that direct control of neural crest induction (Wnt, Delta-Notch, and Bmp signaling), establishment of the neural plate border (expression of DlxB, Pax3/7, MsxA, ZicA, and Prdm1), as well as specification and migration from the dorsal neural tube (expression of Snail, SoxE1, SoxE2, Id, EdnrB, Myc, Tfap2a, Sip1/Zeb2, Zeb1, type II cadherins, and many of the neural plate border specifiers; Meulemans and Bronner-Fraser, 2002; Meulemans et al., 2003; Sauka-Spengler et al., 2007; Sauka-Spengler and Bronner-Fraser, 2008; Lakiza et al., 2011; Nikitina et al., 2011; Square et al., 2016a; York et al., 2017). These similarities extend beyond expression patterns. Studies involving gene knockdown/knockout, enhancer analysis, and chromatin profiling have revealed that many of the regulatory interactions at multiple tiers in the neural crest GRN are also shared between lampreys and jawed vertebrates (Sauka-Spengler et al., 2007; Nikitina et al., 2008; Lakiza et al., 2011; York et al., 2017, 2018, 2019b; Hockman et al., 2019; Parker et al., 2019; Yuan et al., 2020). There is also evidence that the production of several neural crest cell types shared between lampreys and jawed vertebrates relies upon a common gene regulatory logic. For example, both groups deploy Fgf signaling and SoxE-group genes for production of cartilage and melanocytes, and Phox2 in precursors of neural crest-derived enteric neurons (McCauley and Bronner-Fraser, 2006; Cattell et al., 2011; Lakiza et al., 2011; Jandzik et al., 2014; Green et al., 2017).



Placodes

Compared to the study of neural crest cells, the body of work on placode development in lampreys has been rather limited. Until recently, almost all of our understanding of placode biology in this group had been limited to a handful of papers describing gene expression patterns, histology, and comparative anatomy. In general, lampreys have homologs of many of the same placodes and placode-derived structures as present in jawed vertebrates, including, olfactory, adenohypophyseal, lens, trigeminal, otic, epibranchial, and lateral line (McCauley and Bronner-Fraser, 2002, 2003; Modrell et al., 2014). There are a few differences between lampreys and jawed vertebrates as well. For example, whereas in jawed vertebrates, the olfactory and adenohypophyseal placodes originate as separate primordia, lampreys have a singular nasohypophyseal placode that forms in the anterior-ventral midline of the head. The fused adenohypophyseal placode in lampreys produces the monorhine state of jawless vertebrates compared to that of diplorhiny in jawed vertebrates, and its separation into separate primordia may have precipitated the evolution of articulated jaws in gnathostomes (Murakami et al., 2001; Oisi et al., 2013b). Another difference, revealed by fate-mapping experiments, was that the separate upper lip and lower lip (velum) innervation patterns by neurons of trigeminal maxillomandibular (mmV) origin in the lamprey mouth may result from these placodes arising as distinct primordia early in development (Modrell et al., 2014).

The developmental mechanisms underlying formation of the PPE in lampreys are almost entirely unknown, with the exception of DlxB expression uniquely defining this region, along with overlapping expression of MsxA and Tfap2a, among others (Sauka-Spengler et al., 2007). It is unknown if the placode specification factors Six1/2 and Eya are expressed in the lamprey PPE, making basic comparisons of early placode development between jawed and jawless vertebrates difficult. Similarly, almost nothing is known regarding the early delamination and migration patterns of placodes in lampreys and how this relates to early neural crest migration.

In terms of functional genetics, knockdown or knockout of early placode specification factors such as Six, Eya, and Dlx have not been performed in lampreys. Again, this leaves considerable uncertainty surrounding the conservation and divergence of gene regulatory interactions orchestrating placode development across vertebrates. Recent work on Snail has revealed an early role for this transcription factor during placode development in lamprey. It was found that a single Snail ortholog in lamprey was expressed simultaneously in the neural plate border and PPE (York et al., 2019b). There is also evidence that Snail is essential for early placode development because CRISPR/Cas9 knockout of Snail leads to near-total loss of DlxB expression in the pre-placodal domain, with subsequent elimination of placode-derived elements of cranial sensory ganglia that express Six1/2, Pax3/7, and Phox2 (York et al., 2019b).

Later during lamprey craniofacial development, the combinatorial expression of several placode markers suggests a high degree of evolutionary conservation across vertebrates. For example, like jawed vertebrates, lamprey placode derivatives express multiple Pax genes in the form of a “Pax code” along the anterior-posterior axis, with orthologs of Pax6 expressed in the lens, olfactory, and nasohypophyseal placodes, Pax3/7 expressed in the ophthalmic division of the trigeminal placode, and Pax2/5/8 expressed in otic, posterior lateral line, and epibranchial placodes (Murakami et al., 2001; McCauley and Bronner-Fraser, 2002; Modrell et al., 2014). Combinatorial expression of Dlx cognates is observed in some placodes as well with DlxA, DlxB, and DlxC in the otic vesicle and DlxA, DlxC, and DlxD in the nasohypophyseal placode (Cerny et al., 2010; Kuraku et al., 2010). Similar to that described in multiple jawed vertebrate model systems, lampreys express orthologs of Six1/2 in the otic vesicle, posterior lateral line, and epibranchial placodes and Phox2 in epibranchial ganglia, which are presumably derived in part from placodes (Häming et al., 2011; Green et al., 2017; Hockman et al., 2017; York et al., 2019b).




DEVELOPMENT OF HAGFISH NEURAL CREST AND PLACODES

Compared to lampreys, hagfishes are much more difficult to work with, especially within the context of comparative embryology. Hagfishes live in relatively deep waters and have an obscure reproductive physiology. Moreover, work from the past 100 years has shown that it is no simple matter to culture them in the laboratory (Holland, 2007; Ota and Kuratani, 2008). Consequently, much of our knowledge of hagfish embryology has historically been limited to descriptive embryology. Although advances in laboratory culture methods have enabled a critical re-examination of hagfish development, the unusually slow development of hagfishes has restricted molecular analysis of hagfish embryology to routine gene expression analysis by in situ hybridization. Work over the past several decades has revealed that hagfish have neural crest cells and placodes as other vertebrates do and that the developmental mechanisms and regulatory gene expression patterns are reminiscent of what has been described in lampreys and jawed vertebrates (Ota et al., 2007; Kuratani and Ota, 2008).


Neural Crest

Early investigations into hagfish embryology raised doubts concerning whether or not the development of neural crest cells in these animals was similar to that described in other vertebrates. For example, Conel (1942) suggested that the hagfish neural crest may arise as epithelial pouches that did not delaminate and migrate as mesenchyme, a result which, if confirmed, would suggest a very different route taken by hagfish in the development of this important cell population (Conel, 1942; Ota et al., 2007; Kuratani and Ota, 2008). The matter was settled in 2007 when a report described neural crest development in hagfish as being more or less identical to that described in other vertebrates. Hagfish neural crest cells arise in the dorsal neural tube, express a common suite of neural crest regulatory genes (e.g., SoxE and Pax3/7), and delaminate and migrate throughout the head and trunk (Ota et al., 2007). Hagfish also share with other vertebrates structures which are presumably derived from neural crest cells, including elements of the cartilaginous head skeleton and cranial sensory and dorsal root ganglia (Wicht and Northcutt, 1995; Braun and Northcutt, 1997; Zhang and Cohn, 2006; Ota et al., 2007; Oisi et al., 2013a). However, despite the overall similarity in neural crest development between hagfish and other vertebrates, there is still much to be learned, an issue that will be difficult to overcome because of the lengthy and complicated development of these animals. Standard techniques in the developmental biologist’s toolkit, including long-term cell lineage tracing and gene knockdown/knockout, are not feasible and this obviously limits the scope of investigation into the developmental genetics of hagfish neural crest and placodes (see below).



Placodes

Descriptive embryology of the hagfish head has suggested that there are several cranial placode primordia, including, among others, those of epibranchial, otic, trigeminal, lens, and lateral line origin, as well as a singular adenohypophyseal placode as observed in lampreys (Wicht and Northcutt, 1995; Braun and Northcutt, 1997; Wicht and Tusch, 1998; Oisi et al., 2013b). The placode primordia in hagfishes seemingly form as a contiguous, horseshoe-shaped PPE that encompasses the domains from which peripheral cranial nerves will emerge, although it is difficult to say if individual placodes can be observed in isolation early in development as in gnathostomes (Schlosser, 2005, 2017; Ota and Kuratani, 2007; Oisi et al., 2013b). Sensory innervation by some placodes has been described for the trigeminal, facial, glossopharyngeal, and vagus nerves, although there are some differences between Eptatretid and Myxinid lineages (von Kupffer, 1900; Wicht and Northcutt, 1995; Braun and Northcutt, 1997; Ota and Kuratani, 2007; Baker et al., 2008). Molecular analyses have revealed that some cranial placodes in hagfishes express a suite of transcription factors and signaling molecules similar to that of both jawed vertebrates and lampreys, including expression of Sox9 in the otic vesicle, and combined expression of EbFgf8/17, EbSoxB1, EbPitxA, and EbLhx3/4A in the nasohypophyseal region (Ota et al., 2007; Oisi et al., 2013b).




INTERACTION OF NEURAL CREST AND PLACODES IN CYCLOSTOMES

Studies over the past several decades have found that neural crest cells and placodes in cyclostomes follow—with a few notable exceptions—a fairly typical course of development for vertebrates. Although we are now starting to get a deeper understanding of how neural crest and placodes develop in cyclostomes, it has remained unclear how these cells associate together within the embryonic cyclostome head to generate novel features such as cranial sensory ganglia (Figure 4) and how this compares to what we know about similar processes in jawed vertebrates. In this section, we discuss recent work that has begun to shed light on the matter specifically as it relates to the development of the cranial sensory ganglia in these animals (Figure 4). As noted above, in-depth cell lineage tracing and functional genetic analysis of neural crest and placodes is, for the most part, not feasible in hagfish. Consequently, almost all of our current understanding of neural crest and placode associations during cyclostome craniofacial development has come from data obtained from lampreys, given the relative ease with which their adults and embryos may be obtained and experimentally manipulated.
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FIGURE 4. Organization of cranial sensory ganglia in hagfish (A, ~between stages. E. VIII and E. IX, modified from von Kupffer, 1900) and lamprey (B, Tahara stage 26, modified from Yuan et al., 2020). Cranial ganglia are colored pink and dorsal root ganglia are colored green. Ganglia are shown that can be homologized with those in jawed vertebrates (Figure 2).


Cell lineage tracing by injection of vital lipophilic fluorescent dyes (DiI, DiO) has been a simple but powerful tool used in the lamprey embryological community for studying the origin, migration, and contributions of neural crest cells and placodes during development (Horigome et al., 1999; McCauley and Bronner-Fraser, 2003; Martin et al., 2009; Häming et al., 2011; Green et al., 2017). One early study by McCauley and Bronner-Fraser traced the contributions of neural crest cells to the lamprey head (McCauley and Bronner-Fraser, 2003). They found that DiI-labeled neural crest cells in the dorsal neural tube migrated in patterns similar to that of jawed vertebrates (McCauley and Bronner-Fraser, 2003). They observed cells migrating along dorsal-lateral and ventral pathways in the embryonic head and that colonized tissues that give rise to the oral and pharyngeal skeleton, as described in other vertebrates. The authors also revealed that lamprey cranial neural crest cells, particularly in the hindbrain, show very little restraint in their migration along the anterior-posterior axis, with cells often migrating far rostrally and/or caudally from their origin. Although the significance of this has remained unclear, one possibility is that hindbrain neural crest cells are free to colonize any one of the posterior pharyngeal arches because many of the cartilage elements in this region are almost identical along the anterior-posterior axis.

In addition to the head skeleton, which is almost entirely derived from cranial neural crest cells, it was found that neural crest cells also appeared to contribute to a subset of cranial sensory ganglia, which are derived uniquely from both neural crest and placodes. DiI-labeled neural crest cells were observed to colonize the ophthalmic and maxillomandibular lobes of the trigeminal ganglion and posterior lateral line ganglion (McCauley and Bronner-Fraser, 2003). Importantly, however, DiI experiments and immunostaining with a mouse Sox10 antibody revealed that these neural crest cells seemingly surrounded—but were excluded from—the main core of each ganglion. This is unlike the condition in jawed vertebrates in which Sox10-positive neural crest cells colonize the core of several cranial sensory ganglia, where they give rise to cells of glial and/or neural origin. This peculiar feature of lamprey cranial ganglion development raised some important evolutionary questions. What is the functional role of neural crest cells in and their precise contributions to the development of a key vertebrate structure such as cranial sensory ganglia? How do these contributions compare to that of another vertebrate innovation, cranial placodes, and how do these cell populations interact together during head development to drive the formation of cranial sensory ganglia?

Partial answers to these questions have been provided recently by studies examining the roles of both neural crest and placodes during the development of cranial sensory ganglia in lampreys. Fate mapping of lamprey cranial ganglia by Modrell et al. (2014) has provided key insights into the relative contributions of neural crest and placode populations to these structures in jawless vertebrates (Modrell et al., 2014). Using a combination of immunohistochemistry and DiI labeling, Modrell et al. (2014) made some important observations. First, they found that placode-labeled cells in the ectoderm were internalized and eventually differentiated into neurons occupying the core of cranial ganglia, a result consistent with that described in jawed vertebrates. Second, they found that the cranial sensory ganglia of lampreys, unlike like that first described by McCauley and Bronner-Fraser, did indeed contain a complement of both neural crest and placodes, another result quite similar to that of jawed vertebrates. This discrepancy is likely related to the fact that the labeling experiments performed by Modrell et al. (2014) were done very early in development and they may have therefore labeled some of the early-delaminating placodes that could have been missed from earlier experiments. Somewhat surprisingly, however, the neural crest cells that colonized cranial ganglia never seemed to express genetic markers characteristic of differentiated neurons and were therefore considered to be of potential glial origin. Thus, unlike the case in jawed vertebrates, neural crest cells in lamprey did not seem to be a major contributor of sensory neurons to cranial ganglia, raising questions regarding the functional roles of the neural crest during cranial ganglion development in jawless vertebrates.

To address these issues, Yuan et al. (2020) combined in situ hybridization, immunohistochemistry, functional analysis by CRISPR/Cas9 genome editing, and two different fluorescent vital dyes to track the development of both neural crest (DiO) and placodes (DiI) simultaneously during lamprey development to: (1) identify how each cell population physically associated within cranial ganglia and (2) characterize the functional roles of neural crest and placodes during ganglion development. The results from this study were similar to those of Modrell et al. (2014) by demonstrating that cranial placodes were a major source of sensory neurons in the core of cranial ganglia. Another result shared between these two studies was the apparent absence of a prominent neuronal contribution by neural crest cells to the core of the cranial ganglia studied. Neural crest cells were observed to migrate and then surround and eventually envelop the core of placode-derived neurons in the ophthalmic and maxillomandibular lobes of the trigeminal ganglia, geniculate (facial) ganglion, and epibranchial (nodose) ganglia. These results were corroborated by gene expression analyses which revealed that the neural crest markers TwistA and SoxE2 (Sauka-Spengler et al., 2007), rather than being expressed in the neuronal core of ganglia, were instead expressed in cells surrounding each ganglion. This situation is different from that of jawed vertebrates in which neural crest cells are a major source of sensory neurons within cranial ganglia. That said, it is important to emphasize that neither of the studies described here conclusively demonstrates a lack of any sensory neuron contributions of neural crest cells to cranial ganglia, given differences in the timing of dye labeling and the specific ganglia analyzed. At the very least, however, both studies did not identify a prominent role for cranial neural crest cells in this capacity in lamprey.

Finally, to tease apart the functional roles of both neural crest and placodes in lamprey cranial ganglion development, Yuan et al. (2020) used CRISPR/Cas9 genome editing to knock out the neural crest (SoxE1 and FoxD-A mutants) and placodes (DlxB mutants) separately and then examined for defects in gangliogenesis. These experiments showed that genetic ablation of the neural crest did not impair the specification or migration of placodes. Rather, they found that all of the cranial sensory ganglia had abnormal morphologies, including inappropriate fusions of otherwise separate ganglia and, conversely, broken clusters of ganglia that are fused during normal development. Notably, none of the neural crest knockouts revealed any obvious loss of sensory neurons or ganglia. On the other hand, placode-specific knockouts (DlxB) consistently resulted in total or near-total loss of cranial ganglia (Yuan et al., 2020), although whether this effect is direct or indirect remains unknown. These results together suggest a patterning role for neural crest and a neurogenic role for placodes.

These recent studies have revealed some interesting similarities and differences regarding the developmental association of neural crest and placodes during lamprey craniofacial development relative to what has been described in jawed vertebrates. First, there is certainly evidence of deep evolutionary conservation regarding the overall developmental and genetic programs that guide the interaction of neural crest and placodes in the vertebrate head. For example, both lampreys and jawed vertebrates have more or less the same complement of cranial sensory ganglia, and both neural crest and placodes are each required for proper development of these structures. Additionally, there is evidence of evolutionary conservation of gene expression patterns in homologous placodes (e.g., Six, Sox, Phox, Pax, and Dlx expression in/around ganglia), with knockout experiments revealing that some of these genes are required for proper ganglion development across jawed and jawless vertebrate lineages (McCauley and Bronner-Fraser, 2002; Cerny et al., 2010; Modrell et al., 2014; Yuan et al., 2020).

In contrast to evolutionary conservation, there are also clear differences in the developmental associations of neural crest and placodes in the heads of jawed and jawless vertebrates. Most notably, a prominent neural crest contribution of sensory neurons to the core of cranial ganglia is conspicuously absent during stages of lamprey development that have been examined. Instead, cranial sensory neurons in the lamprey head seem to be derived almost entirely from placodes. Although there is marked variation in the extent to which neural crest cells do (maxillomandibular trigeminal) or do not (ophthalmic trigeminal) contribute sensory neurons to cranial ganglia in jawed vertebrates, lampreys are the only vertebrates, to our knowledge, that appear to lack any neural crest contribution of sensory neurons in cranial ganglia (Modrell et al., 2014; Yuan et al., 2020). Instead, cranial neural crest cells in lampreys may play important functional roles in cranial ganglion morphogenesis, in which placodes condense into clusters of differentiated neurons that become enveloped by migratory cranial neural crest cells to shape the functional morphology of these neuronal clusters. A similar role has also been described in jawed vertebrates in which neural crest cells form “corridors” that guide and physically shape placode-derived sensory neurons in the head (Freter et al., 2013). The molecular mechanisms of these types of interactions in jawed vertebrates seem to involve intercellular signaling pathways and adhesion proteins (Shiau et al., 2008; Wu et al., 2014; Shah and Taneyhill, 2015; Wu and Taneyhill, 2019), which have been shown recently to influence the patterning of cranial ganglia in lampreys (York et al., 2018).

By comparing neural crest and placode development across jawed and jawless vertebrates, we can begin to make some inferences regarding how these cell populations may have become associated in ancestral vertebrates to coordinate the development of key craniofacial structures (Figure 5). First, we can be fairly certain that early jawless vertebrates had both neural crest cells and placodes. Second, we can also be confident that the developmental mechanisms of each cell population were likely similar to that of extant vertebrates. Third, ancestral vertebrates possessed cranial sensory ganglia that were likely shaped by the developmental coordination of both neural crest and placodes. Finally, comparative embryology studies have shown no evidence that the cranial sensory ganglia of jawless vertebrates are compartmentalized into the morphologically or functionally distinct neural crest-derived (proximal) and placode-derived (distal) components that is characteristic of gnathostomes (Kuratani et al., 1997; Modrell et al., 2014; Pombal and Megías, 2019).

[image: Figure 5]

FIGURE 5. Model for evolution of neural crest and placode associations during craniofacial development in vertebrates. Phylogenetic relationships are depicted for lampreys (top panel), hagfishes (middle panel), and jawed vertebrates (bottom panel).


The recent work on neural crest and placode interactions in lamprey embryos compared with our current understanding of this process in jawed vertebrates, allows us to infer what might have been the ancestral vertebrate condition. One possibility is that cranial neural crest cells in the first vertebrates would have likely played a very minor role, if any, in the contribution of sensory neurons to the core of cranial ganglia, a role fulfilled instead by neurogenic placodes. Rather, cranial neural crest cells in ancestral vertebrates would have been important in patterning and shaping the morphology of the placode-derived sensory neurons occupying the core of cranial ganglia, with this feature still being retained in jawed vertebrates. This model suggests that the functional roles of neural crest and placodes in early jawless vertebrates were distinct and that the dual neural crest and placode origin of sensory neurons in cranial ganglia would have likely evolved along stem lineages leading to crown group jawed vertebrates (Figure 5). Thus, the overall trend in vertebrate evolution would have been the gradual mixing and integration of sensory neurons of both placode and neural crest origin, with a subset of ganglia (e.g., VII, IX, and X) incorporating neural crest and placodes into distinct proximal and distal aspects, respectively. It is important to point out that this scenario takes into account only information available from one lineage of extant jawless vertebrates, the lampreys. Detailed analysis of neural crest and placode contributions—and their interactions—in hagfish will be important for determining the polarity of character evolution and to better understand the roles of neural crest and placode interactions in the evolution of vertebrate craniofacial development.
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During embryonic development, symmetric ectodermal thickenings [olfactory placodes (OP)] give rise to several cell types that comprise the olfactory system, such as those that form the terminal nerve ganglion (TN), gonadotropin releasing hormone-1 neurons (GnRH-1ns), and other migratory neurons in rodents. Even though the genetic heterogeneity among these cell types is documented, unidentified cell populations arising from the OP remain. One candidate to identify placodal derived neurons in the developing nasal area is the transcription factor Isl1, which was recently identified in GnRH-3 neurons of the terminal nerve in fish, as well as expression in neurons of the nasal migratory mass (MM). Here, we analyzed the Isl1 genetic lineage in chemosensory neuronal populations in the nasal area and migratory GnRH-1ns in mice using in situ hybridization, immunolabeling a Tamoxifen inducible Isl1CreERT and a constitutive Isl1Cre knock-in mouse lines. In addition, we also performed conditional Isl1 ablation in developing GnRH neurons. We found Isl1 lineage across non-sensory cells of the respiratory epithelium and sustentacular cells of OE and VNO. We identified a population of transient embryonic Isl1 + neurons in the olfactory epithelium and sparse Isl1 + neurons in postnatal VNO. Isl1 is expressed in almost all GnRH neurons and in approximately half of the other neuron populations in the MM. However, Isl1 conditional ablation alone does not significantly compromise GnRH-1 neuronal migration or GnRH-1 expression, suggesting compensatory mechanisms. Further studies will elucidate the functional and mechanistic role of Isl1 in development of migratory endocrine neurons.

Keywords: olfactory neurons, vomeronasal sensory neurons, GnRH neurons, Islet-1/Isl1, Isl1 conditional knock-out, genetic lineage tracing, olfactory placode, neural crest


INTRODUCTION

Cranial placodes are specialized regions of ectoderm, that give rise to the pituitary gland, sensory organs, and ganglia of the vertebrate head (Brugmann and Moody, 2005; Schlosser, 2006). They form as a result of specific expression patterns of transcription factors in pre-placodal ectoderm surrounding the anterior neural plate (Brugmann and Moody, 2005; Bailey and Streit, 2006). In mice, the olfactory placodes (OPs) are morphologically identifiable at embryonic day 9.5 (E9.5), as a bilateral ectoderm thickening in the antero-lateral region of the head (Figure 1). The transcription factors Oct1, Sox2, Pou2f1, Pax6, Eya1, Six1, Six4, Ngnr1,Hes1, Hes5, MASH1/Ascl1, Ngn1, and Gli3 have been identified to control various steps of OP induction/formation, neurogenesis, neuronal development, and expression of olfactory specific genes (Cau et al., 1997, 2002; Zou et al., 2004; Donner et al., 2007; Schlosser et al., 2008; Chen et al., 2009; Riddiford and Schlosser, 2016).
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FIGURE 1. Formation of the olfactory pit. Drawings depict developing embryos between E9.5 and E11.5. The frontonasal areas where the olfactory placodes/pits form are indicated with red arrows. Cartoons in the lower row illustrate the olfactory placode ingression between E9.5 and E10.5 (chronal view) and a parasagittal view of the olfactory pit at E11.5. The lateral and rostral portions of the invaginating olfactory placode (blue) act as the main source of FGF8. These Fgf8 + areas progressively differentiate into respiratory epithelium. In the neurogenesis portion of the olfactory placode (yellow), proliferative Hes-1 + progenitors (green) give rise over time to neurogenic Ascl-1 neuronal progenitors. Arrows show the vomeronasal organ [olfactory epithelium (OE)] and putative neurogenic area of the GnRH-1ns at E11.5 in the developing OE. The size of the pit and cells is arbitrary and does not reflect natural proportions.


The olfactory pit of vertebrates generates neurogenic and non-neurogenic progenitors. The non-neurogenic portions of the olfactory pit give rise to the respiratory epithelium, which is located in the rostral olfactory pit, while the neurogenic portions give rise to specific neuronal and glial/support cells (Figures 1, 2). The respiratory epithelium, which is the main source of Fgf8, controls the development of the neural crest derived nasal mesenchyme and bones (Forni et al., 2013). Neurogenic waves in the olfactory pit of mice first gives rise to mostly migratory neurons (Fornaro et al., 2003; Forni et al., 2013) such as early pioneer olfactory neurons, neurons of the terminal nerve, including Gonadotropin releasing hormone-1 neurons (GnRH-1ns), NPY positive migratory neurons, and other neurons with unknown identity and function or neurons of the migratory mass (MM) (Schwanzel-Fukuda and Pfaff, 1989; Wray et al., 1989; Hilal et al., 1996; Fornaro et al., 2007). The nasal area of mice contains several other neuronal cell types that include specialized olfactory sensory neurons (OSNs) such as the guanylyl cyclase-D (GC-D) neurons of the necklace olfactory system (Luo, 2008; Mori et al., 2014; Greer et al., 2016), microvillar cells (MVCs) (Pfister et al., 2012), sensory neurons of the septal organ (SO) (Ma et al., 2003), the Grueneberg ganglion (GG) (Gruneberg, 1973; Schmid et al., 2010; Mamasuew et al., 2011; Matsuo et al., 2012; Moine et al., 2018), and cells forming the terminal nerve ganglion (TN) (Larsell, 1950; Brown, 1987; Jennes, 1987; Oelschlager et al., 1987; Schwanzel-Fukuda et al., 1987; Wirsig-Wiechmann, 2004; Taroc et al., 2017; Jin et al., 2019) including the GnRH-1ns (Schwanzel-Fukuda and Pfaff, 1989; Wray et al., 1989). The mechanisms and molecules that drive progenitors of the developing olfactory pit into early migratory cells types remain largely unknown.
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FIGURE 2. E15.5 mouse embryo, neuronal populations in the nasal area. Grueneberg ganglion (GG, green) and GC-D+/necklace (OSNs, magenta) project to the necklace glomeruli (NG). Olfactory neurons of the main olfactory epithelium (MOE, yellow) projecting to the main olfactory bulb (MOB). Vomeronasal organ (VNO), composed of basal (bVSNs, green) and apical (a-VSNs, red), projecting to anterior and posterior portions of the accessory olfactory bulb (AOB). Septal organ (SO, light blue) projecting to the ventral OB. Terminal nerve (TN, purple) projecting to the basal forebrain, GnRH-1ns, orange, scattered along the terminal nerve fibers from the vomeronasal area to the basal forebrain. Trigeminal nasopalatine (NPN) and ethmoidal nerve projections (EN) drawn in dark gray.


Between E9.5 and E10.5, the OPs begin to ingress to form the olfactory pits that give rise to various cellular components of the nose during development (Cuschieri and Bannister, 1975b; Chen et al., 2009). The olfactory pit is largely populated by proliferative progenitors expressing the transcription factors Hes1 + /Hes5. These early progenitors undergo mitosis in the apical portion of the epithelium and give rise over time to neurogenic progenitors positive for the bHLH transcription factor Ascl-1 (Cuschieri and Bannister, 1975a,b; Cau et al., 2000; Taroc et al., 2020). Gli3 influences proliferative Hes1 + positive progenitors to give rise to Ascl-1 + neurogenic progenitors that eventually generate OSNs and vomeronasal sensory neurons (VSNs) (Cau et al., 2000; Taroc et al., 2020). Notably, Gli3 loss of function does not prevent neurogenesis of GnRH-1ns, suggesting that these have a distinct lineage from the olfactory neurons.

GnRH-1ns are the initial neuronal population to form in the developing olfactory pit (Wray et al., 1989; Fornaro et al., 2003). During embryonic development, GnRH-1ns migrate along the axons of the terminal nerve (Taroc et al., 2017) from the nasal area to the basal forebrain. Once in brain the GnRH-1ns control the release of gonadotropins from the pituitary gland (Forni and Wray, 2015). Aberrant development or function of GnRH-1ns causes hypogonadotropic hypogonadism (HH) (Cattanach et al., 1977), that can lead to a spectrum of reproductive disorders (Balasubramanian et al., 2010). GnRH-1 neuronal migration strictly depends on correct development and maturation of the neural crest derived olfactory ensheathing cells (Barraud et al., 2013; Pingault et al., 2013; Zhou et al., 2017; Wang et al., 2018). Cre genetic lineage tracing and BAC transgenic reporters have revealed extensive genetic heterogeneity among neurons that originate in the olfactory area of mice including the GnRH-1ns, suggesting a potential integration of neural crest cells in the developing OP (Forni et al., 2011b; Katoh et al., 2011; Suzuki and Osumi, 2015; Taroc et al., 2017; Shan et al., 2020). However, the mechanisms that give rise to the GnRH neurons and the required transcription factors for these regulatory processes remain unresolved.

The LIM-homeodomain transcription factor Isl1 has been recently identified in subsets of neuronal derivatives forming from the OP (Aguillon et al., 2018; Palaniappan et al., 2019; Shan et al., 2020). Isl1/2 expression occurs in GnRH expressing neurons and other putative neurons of the terminal nerve (Aguillon et al., 2018; Palaniappan et al., 2019; Lund et al., 2020; Shan et al., 2020) in chick, zebrafish, mouse, and humans. In zebrafish (Aguillon et al., 2018), Isl1/2 is expressed in terminal nerve GnRH-3 neurons associated with the olfactory epithelium. These neuro-modulatory cells, which are non-migratory in fish, exert the same physiological function as migratory GnRH-1ns in mice (Forni and Wray, 2015). The terminal nerve and MM in birds contains heterogeneous populations of (1) cells that express GnRH-1 but are negative for Isl1/2 and Lhx2, (2) cells only expressing Lhx2, (3) cells only positive for Isl1, and (4) cells that co-express Lhx2, Isl1/2, GnRH-1 (Palaniappan et al., 2019). In birds, cells from the TN are also positive for Isl1 and Lhx2 that differ from the GnRH-1ns. A third study in mouse (Shan et al., 2020) also confirmed Isl1/2 immuno-reactivity on GnRH-1ns at early stages of GnRH neuronal development (E11.5). A subset of GnRH-1ns, positive for Wnt1Cre genetic lineage (Forni et al., 2011b), were negative for Isl1 immunoreactivity.

One prediction is that Wnt1Cre tracing, a controversial neural crest marker, and Isl1 immunoreactivity define two distinct embryonic lineages for GnRH-1ns. The rival hypothesis is that the Wnt1Cre positive subpopulation of GnRH-1ns differ in its timing and/or expression levels of Isl1 from the majority of GnRH-1ns (Forni et al., 2011b; Shan et al., 2020). Understanding the molecular cascade that establishes the genetic lineage of different cell types is a fundamental step to identify potential cellular differences between cell types and to unravel the molecular mechanisms underlying neurodevelopmental pathologies. Here, we examined which regions in the OP express Isl1/2 and analyzed Isl1 genetic lineage in different neuronal types in the nasal area of mice. We further generated Isl1 conditional KO mice to study the role of Isl1 in GnRH development.



MATERIALS AND METHODS


Animals

Isl1flox(Isl1tm2Sev/J) (Sun et al., 2008), Isl1CreERT(Isl1tm1(cre/Esr1∗)Krc/SevJ) (Laugwitz et al., 2005), Isl1Cre (Isl1tm1(cre)Sev/J) (Yang et al., 2006), Rosa26tdTomato (B6.Cg-Gt(ROSA)26Sortm14(CAG-tdTomato)Hze/J) (Madisen et al., 2010), and GnRH-Cre (Gnrh1-cre 1Dlc/J) (Yoon et al., 2005) mouse lines were all purchased from JAX. Genotyping was conducted following the suggested primers and protocols from JAX. Mice of either sex were used for ISH and IHC experiments. All experiments involving mice were approved by the University at Albany Institutional Animal Care and Use Committee (IACUC).



Tamoxifen Treatment

Tamoxifen (Sigma–Aldrich), CAS # 10540−29−1, was dissolved in Corn Oil. Tamoxifen was administered once via intraperitoneal injection at indicated developmental stages. Tamoxifen was administered at 180 mg/kg based on the weight of the pregnant dam on the day of injection.



Tissue Preparation

Embryos were collected from time-mated dams where the emergence of the copulation plug was taken as E0.5. Collected embryos were immersion-fixed in 3.7% formaldehyde/PBS at 4°C for 3–5 h. Postnatal animals were perfused with 3.7% formaldehyde/PBS. All samples were then cryoprotected in 30% sucrose overnight, then frozen in O.C.T (Tissue-TeK), and stored at −80°C. Samples were cryosectioned using CM3050S Leica cryostat and collected on Superfrost plus slides (VWR) at 14 μm thickness for embryo’s and 16 μm for post-natal tissue.



Immunohistochemistry

Primary antibodies and dilutions used in this study were: rabbit- α-Isl1(1:1000, Abcam), mouse-α-Isl1/2 (1:100, DSHB), SW rabbit-α-GnRH-1 (1:6000, Susan Wray, NIH), goat-α olfactory marker protein (OMP; 1:4000, WAKO), rabbit-α-phospho-Histone-H3 (1:400, Cell Signaling), goat-α-Sox2 (1:400, R & D systems), rat-α-phospho-Histone-H3 (1:500, Abcam), mouse-α-Ki67 (1:500, Cell Signaling), rabbit-α-DsRed (1:1000, Clontech), goat-DsRed (1:1000, Rockland), HuC/D 8 μg/ml (Molecular Probes). Antigen retrieval was performed in a citrate buffer prior to incubation with rabbit-α-Isl1, mouse-α-Isl1/2, rabbit-α-phospho-Histone-H3, rat-α-phospho-Histone-H3, mouse-α-Ki67. For immunoperoxidase staining procedures, slides were processed using standard protocols (Forni et al., 2013) and staining was visualized (Vectastain ABC Kit, Vector) using diaminobenzidine (DAB) in a glucose solution containing glucose oxidase to generate hydrogen peroxide; sections were counterstained with methyl green. For immunofluorescence, species-appropriate secondary antibodies were conjugated with Alexa-488, Alexa-594, or Alexa-568 (Molecular Probes and Jackson Laboratories) as specified in the legends. Sections were counterstained with 4’,6’-diamidino-2-phenylindole (1:3000; Sigma–Aldrich) and coverslips were mounted with Fluoro Gel (Electron Microscopy Services). Confocal microscopy pictures were taken on a Zeiss LSM 710 microscope. Epifluorescence pictures were taken on a Leica DM4000 B LED fluorescence microscope equipped with a Leica DFC310 FX camera. Images were further analyzed using FIJ/ImageJ software. To remove auto-fluorescent blood cells in Figure 9, FIJ/ImageJ function image calculator was used. Each staining was replicated on at least three different animals for each genotype.



In situ Hybridization

Digoxigenin-labeled cRNA probes were prepared by in vitro transcription (DIG RNA labeling kit; Roche Diagnostics) from the following templates: Isl1 from Allen Brain Atlas (Probe RP_080807_04_G12). In situ hybridization was performed as described (Lin et al., 2018) and visualized by immunostaining with an alkaline phosphatase conjugated anti-DIG (1:500), and NBT/BCIP developer solution (Roche Diagnostics).



Cell Quantifications

GnRH-1/Isl1 double IHC quantifications were performed at E11.5 and E15.5 parasagittal non-serial sections on a single slide using the Rabbit-α-GnRH-1 primary and Mouse-α-Isl1/2 primary antibodies. Embryonic co-localized cell counts on Isl1Cre or Isl1CreERT lineage traced animals were done on E14.5 and E15.5, respectively, parasagittal non-serial whole head sections within the nasal region on a single slide where we see co-localization of both markers indicated (DsRed/tdTomato GnRH-1, or HuCD). Post-natal OMP cell counts were done on P8 coronal nose sections. To get the density of mature OSNs positive for constitutive Isl1 lineage tracing at P8, number of OMP positive neurons colocalized for tdTom were counted in the caudal olfactory epithelium and calculated the area of the OMP positive cells within the traced epithelium. In VNO, to get the percentage of mature VSNs positive for constitutive Isl1 lineage tracing, first OMP positive cells colocalized for tdTom were counted. To get the total OMP positive cells in VNO section, density of OMP cells in smaller areas of VNO was determined and extended to the total area of OMP positive cells in the VNO.

GnRH-1 cell counts were performed on GnRH-1Cre/Islet1flox/flox, Isl1CreERT/flox, and control at E15.5 on two immunostained non-serial slides.



Validation of Conditional Isl1 Knockout

The Isl1flox animals have the lox-p sites flanking exon 4 of the Isl1 gene which codes for the homeodomain and consists of the amino acids in positions 181–240. To detect conditional loss of Isl1flox in GnRHCre/Isl1flox/flox mutants, we performed immunolabeling using the mouse anti-Isl1/2 (DSHB) primary antibody. This antibody recognizes the amino acids 178–349 of the Isl1 protein and was previously shown to be unable to detect Isl1flox (Isl1tm2Sev/J) mice, after Cre mediated recombination (Sun et al., 2008). However, in Isl1CreERT [Isl1tm1(cre/Esr1∗)Krc/SevJ] which is null mouse model, the amino acids in positions 181–240 are maintained, therefore this null protein is still detectable in Isl1 null cells. Since Isl1CreERT (Laugwitz et al., 2005) and Isl1flox alleles (Sun et al., 2008) have been targeted in different gene regions, we could not validate recombination efficiency of Isl1CreERT/flox cKOs.



Statistical Analyses

All statistical analyses were carried out using GraphPad Prism7 software. All cell counts were averaged ± standard error (SE) among animals of the same age and genotype. Means ± SEs were calculated on at least three animals per genotype. The statistical difference between genotypes and groups was determined using an unpaired student’s t-test.



RESULTS


Isl1 Expression in Proliferative Progenitors and Neurons During Early Development of the Olfactory Pit

Using in situ hybridization at E11.5, we found Isl1 mRNA expression in the more caudal region of the putative developing olfactory epithelium and proximal to the developing VNO (Figure 3A). We previously described the latter as the region where GnRH-1ns likely form and become immunoreactive (Figure 3B) (Forni et al., 2013). By pairing immunohistochemistry against Isl1/2 and the mitotic marker phospho-histone-3 (PHH3) at E11.5, we found (Figures 3C,C’) some proliferative progenitors in the apical regions of the developing pit that were also positive for Isl1. Isl1/2 protein expression was consistent with the mRNA expression pattern (Figures 3A,C). However, strong Isl1/2 immunoreactivity appeared localized in sparse nuclei ventral to the developing VNO and the putative respiratory epithelium (Figures 3C,D). Immunolabeling with anti Isl1/2 and GnRH-1 at E11.5, E13.5, and E15.5 (Figures 3D–F”’) indicated a dynamic Isl1/2 expression across GnRH-1ns (Shan et al., 2020). In fact, we could identify at E11.5 approximately 89% (SE ± 3.33%) of GnRH-1 + cells positive for Isl1/2 immunoreactivity (Figures 3D–D”).
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FIGURE 3. Isl1 expression in the OP is restricted to GnRH neurons and a few other cells types. (A) E11.5 in situ hybridization anti-Isl1 mRNA shows Isl1 expression in the ventral portion of the developing olfactory pit proximal to the VNO. Arrows indicate putative GnRH neurogenic area. Only spare cells positive for Ilset1 could be detected in the OE (arrowhead). (B) Cartoon illustrating the putative areas giving rise to RE, OE, VNO, and the putative GnRH neurogenic area. Blue dots indicate GnRH-1ns. (C,C’) Immunostaining anti-Isl1 (red) and the mitotic marker pHH3 (green) shows Ilset1 expression in sparse proliferative cells in the apical portion of the OP (arrowheads) and in cells in the putative GnRH neurogenic area ventral to the VNO (boxed) compared to (A,B). (D) Isl1 immunoreactivity in the putative GnRH neurogenic area (arrows, compared to (A,B,C). (D’–D”’) Isl1 expression (black) in newly formed GnRH neurons(arrows) and in GnRH-1 negative cells (arrowheads). Isl1 expression (black) in migrating GnRH-1ns in the (arrows) in the nasal area at E13.5 (E–E”’) and in the brain at E15.5 (F–F”’). OE, olfactory epithelium; OB, olfactory bulb; FBJ, forebrain junction; POA, preoptic area; RE, respiratory epithelium; VNO, vomeronasal organ; BR, brain.




Differential Lineage Among Olfactory, Vomeronasal, and GnRH-1 Neurons

As we observed sparse and a heterogeneous distribution of Isl1 mRNA and protein expression in the developing olfactory pit at E11.5 (Figure 3) and found Isl1/2 protein expression with the proliferative cell marker PHH3, we decided to investigate which cells formed from the Isl1/2 + proliferative cells. We utilized a tamoxifen inducible Isl1CreERT knock-in mouse line (Laugwitz et al., 2005) mated with a sensitive Rosa-reporter (Madisen et al., 2010). Isl1CreERT allows temporal control and restricts Cre mediated recombination to the time of Tamoxifen injection. Pregnant dams were treated with a single injection of Tamoxifen (180 mg/kg) at E11.5 and embryos were analyzed 4 days later (Figure 4A). At E15.5, we observed Isl1 recombination in trigeminal nerve, inner ear, Rathke’s pouch, and oral mucosa (Figures 4B,C) (Hutchinson and Eisen, 2006; Sjodal and Gunhaga, 2008; Tanaka et al., 2011; Huang et al., 2013). We also found Isl1 tracing in the developing nasal area (Figures 4D–E”) in sparse OMP + sensory neurons of both the main olfactory and vomeronasal epithelium. Notably, Isl1Cre + neurons positive for the pan neuronal marker HuC/D were found at the border between the respiratory epithelium and sensory epithelium (Figures 4E,E’). We found extensive Cre recombination penetrance throughout the nasal respiratory epithelium (Figures 4D,D’).
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FIGURE 4. Temporally controlled Isl1 lineage tracing at E11.5 primarily highlights cells of the respiratory epithelium and GnRH-1ns. (A) Cartoon illustrating experiential strategy for Ilset-1CreERT/R26RTdTomato lineage tracing. Tamoxifen induction of Cre recombiantion at E11.5, analysis at E.15.5. (B,C) HuC/D/DsRed double immunostaining shows recombination (tdTomato) in the trigeminal ganglion (TG), the inner ear as well as in cells of the Rathke’s pouch (RP). (D–D”) In the developing nose recombination appears to be mostly restricted to the respiratory epithelium (RE) and ethmoidal (EN) trigeminal projections. (D–D”) Anti tdTomato; OMP; Peripherin immunostaining showed that OMP positive olfactory projections of the main olfactory bulb. Peripherin positive projections to the accessory olfactory bulb appear negative for td Tomato expression. However, tdTomato positive fibers (D’ white arrow), likely belonging to the trigeminal/ethmoid nerve (see EN in D), appeared to project to the ventral OB. (D”) OMP and tdTomato immunoreactivity showed nearly complete absence of OSNs positive for Isl1 tracing. Neurons in the olfactory area appeared mostly negative for Isl1 lineage D”, sparse OMP + tdTomato + cells (Notched arrowhead) could be detected at the border between olfactory and respiratory epithelium, boxed area see D’. Pan neuronal marker HuC/D shows neurons of the developing vomeronasal organ (VNO), mostly negative for Isl1 lineage (E’). HuC/D + neurons at the border between OE and RE (E’) migratory neurons, GnRH-1ns (E”) and HuC/D + only (E”’) were positive for Isl1 tracing. (F) Quantification of recombination in migratory GnRH-1 + and HuC/D GnRH-1 negative neurons. OM, oral mucosa; RP, Rathke’s Pouch; Ctx, cortex; OB, olfactory bulb; bFB, basal Fore Brain; pAOB, putative Accessory Olfactory Bulb.


We detected putative nasopalatine and ethmoidal trigeminal axons positive for Isl1 throughout the nasal area and tangential to the olfactory bulb (Figures 4B–D’). By analyzing the olfactory projections via OMP and Peripherin immunostaining in combination with anti tdTomato staining, we confirmed that Isl1Cre recombination occurred in neurons that appeared to bundle with the olfactory neurons. Notably, most Isl1CreERT traced axons did not appear to project to the main or accessory olfactory bulb (Figures 4D,D’). Analysis of the olfactory epithelium showed a very sparse colocalization between OMP and Isl1Cre mediated recombination. However, immunostaining against the pan neuronal marker HuC/D showed the presence of Isl1 + neurons within the developing olfactory epithelia (Figures 4E,E’). Triple immunostaining against GnRH-1, tdTomato, and the pan neuronal protein HuC/D showed that temporally controlled Isl1CreERT recombination at E11.5 yielded 85% (SE ± 1.88%) of GnRH-1ns, while only 15%(SE ± 0.91) of the migratory (HuC/D + /GnRH−) cells were Isl1 positive. These data suggest that Isl1 expression at E11.5 (Figures 3A–C) is mostly limited to progenitors or precursors of GnRH-1ns and the subsets of other neurons of the MM.



Analysis of Constitutive Isl1 Cre Genetic Lineage Tracing at E14.5

Tamoxifen controlled Cre recombination at E11.5 indicated that few neuronal progenitors and sparse neurons in the OE and VNO were positive for Isl1 as the olfactory pit forms, while the respiratory epithelium, oral mucosa, and the majority of the GnRH-1ns resulted expressing Isl1. To further perform a temporally unbiassed lineage tracing for Isl1, we exploited a traditional Isl1Cre knock-in mouse line. In these mice recombination is expected to occur whenever Isl1 is expressed (Yang et al., 2006). We performed a Cre/Rosa reporter lineage analysis Isl1Cre±/R26tdTomato± at E14.5 and P8. After temporally controlled recombination (Figure 4), constitutively active Isl1 Cre at E14.5 (Figure 5) showed recombination in the trigeminal nerve, cells of the inner ear (Radde-Gallwitz et al., 2004), the Rathke’s pouch forming the anterior pituitary gland (Castinetti et al., 2015), the oral mucosa, and the nasal respiratory epithelium.
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FIGURE 5. Constitutive Isl1 lineage tracing highlights: sparse neurons the OE, VNO, neuronal projections to the ventral OB, GnRH neurons, and some TN fibers. (A,B) Immunostaining against tdTomato of Isl1Cre/R26tdTomato lineage traced embryos at E14.5, showing recombination the trigeminal ganglion (TG), inner ear, Rathke’s pouch (RP), the oral mucosa (OM), respiratory epithelium (RE), and in sparse cells in the OE and VNO. (C) Anti-tdTomato; OMP and (C’) anti-tdTomato; HuC/D staining shows that though almost all the OMP + cells were negative for tracing (arrowheads) (C), those were neurons positive for HuC/D (arrowhead). (D–E”’) Immunostaining against tdTomato, OMP, and Peripherin to highlight the projections of the developing olfactory system reveal that Isl1 tracing (D’–D””) is mostly absent in the OMP + olfactory fibers (OF) and Peripherin + vomeronasal fibers (VNF) innervating the olfactory bulb (OB). GnRH-1 and other cells of the migratory mass positive for the tracing were detected invading the brain along the terminal nerve (TN). (E–E”’) Peripherin positive TN fibers in the brain. Some fibers appear positive for the tracing (solid arrow) while other Peripherin fibers appear to be negative (empty arrow). MM, migratory mass; bFB, basal Fore Brain; OE, Olfactory Epithelium; VNO, Vomeronasal Organ.


During gross visual observation, we noticed that more cells positive for Isl1 lineage occurred in both olfactory and vomeronasal epithelia compared to that after temporally controlled Cre activation (compared Figures 4, 5).



Isl1 Cre Recombination in GnRH and Terminal Nerve Neurons

At E14.5 we performed OMP, Peripherin, and tdTomato immunostaining. We observed labeled olfactory and terminal axonal projections (Figures 5D–E”’). In the olfactory system, we noticed that Isl1 Cre tracing could be seen in fibers forming bundles with the olfactory neurons after temporally controlled Isl1 Cre recombination (Figures 5D’–D”’). However, most axons positive for recombination at this stage appeared to project only to the ventral portions of the olfactory bulb with some verging on invading the basal forebrain (Figures 5E–E”’). The terminal nerve enters the brain ventral to the olfactory bulb (Taroc et al., 2017). Fibers of the putative terminal nerve associated with Isl1 + migratory GnRH-1ns. Using immunostaining against peripherin and tdTomato, we visualized Isl1 + positive cell somas and fibers of GnRH-1ns migrating on peripherin positive axons of the TN. Some putative TN’s axons showed sparse positivity for tracing (Figures 5E–E””). To confirm Isl1 Cre tracing in cells of the terminal nerve, we immunostained against the antigen Robo3, which is selectively expressed by these cells (Taroc et al., 2017). Robo3/tdTomato staining confirmed the presence of cell bodies from putative TN cells, proximal and within the developing vomeronasal organ, some of these appeared to be positive for Isl1 lineage. We also observed TN fibers, positive for Robo3, in the brain (data not shown). GnRH-1, tdTomato, and HuC/D (Figures 6D–D”’) immunostaining confirmed Isl1 lineage in virtually all GnRH-1ns (95%) (SE ± 0.68), while 55% (SE ± 4.63) of the HuC/D migratory neurons that were negative for GnRH-1, were actually positive for Islet1 tracing (Figure 6E).
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FIGURE 6. Isl1 constitutive lineage tracing highlights GnRH-1ns, some cell bodies of the TN, and other migratory neurons. (A–A”) HuC/D and tdTomato immunostaining of Isl1Cre±/R26tdTomato VNO at E14.5 show some neurons within the VNO positive (empty arrowhead) and negative (notched arrowhead) for Isl1 recombination. Population of tdTomato + non-neuronal cells positive for tracing (arrow). (B–B””) Anti-Robo3; tdTomato and Peripherin labeling shows that a portion of putative terminal nerve cell bodies located within and proximal to the VNO are highlighted by Isl1 recombination (arrow) while a portion do not (arrowhead). (C–C’) GnRH and tdTomato staining shows recombination in the majority of the GnRH-1ns (arrowheads). (D–D””) Recombination in ∼ half of the (GnRH−;HuC/D +) migratory neurons (arrows). (E) Quantification of Isl1Cre recombination in migratory GnRH + and HuC/D GnRH-1 negative neurons. VNO, vomeronasal organ; OE, olfactory epithelium; FBJ, fore brain junction; bFB, basal fore brain.




Postnatal Analyses of Isl1Cre Lineage in the Nasal Cavity

During embryonic development, we observed Isl1 recombination in neurons in both olfactory and vomeronasal epithelia. So, we analyzed the pattern of constitutive Isl1 Cre recombination in postnatal animals. We performed double immunostaining against tdTomato and OMP at postnatal day 8 and noticed that most olfactory epithelium neurons did not express OMP and Isl1. However, we did find sparse neurons positive for Isl1 tracing in the most caudal ethmoid turbinates [0.12 (±0.03 SEM) cells/1000 μm2] (Figures 7D–D”’). Isl1Cre positive sustentacular cells were found close to the border between the respiratory epithelium and sensory olfactory epithelium in the ventral–lateral zones of the OE and along the nasal septum (S) in all the sections from rostral to caudal. At visual gross observation, we noticed more pronounced Isl1 + lineage in sustentacular cells in the caudal OE along the lateral ethmoid turbinates (Figures 7A–C). These data imply spatial/regional heterogeneity in gene expression among sustentacular cells (Brann et al., 2020).
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FIGURE 7. Lineage tracing of Isl1 positive cells postnatally highlights neuronal and non-neuronal cells in OE and VNE. (A–C) Immunofluorescence against tdTom showing Isl1 tracing in olfactory epithelium (OE) from rostral toward the caudal ethmoid turbinates. Arrows (A,B,C) show tracing in OE. (B) Notched arrowheads show tracing in VNO. (D–D”’) Double immunofluorescence against OMP (green) and tdTom (red) shows no colocalization in neurons of the OE. (E–E”’) Double immunofluorescence against Sox2 (green) and tdTom (red) shows Isl1Cre tracing (arrow marks) in the sustentacular cells of the OE. Sox2 is present in both globose basal cells that are present in the base of the OE and sustentacular cells in the upper layers of the OE. (F) Double immunofluorescence against OMP (green) and tdTom (red) shows Isl1 tracing in both non-sensory epithelium (NSE—arrow mark) and sensory epithelium of the VNO. (F’,F”) Arrow marks show colocalized mature vomeronasal neurons (VSNs) and notched arrow heads show traced neurons that are not labeled with OMP. (G–G”) Double immunofluorescence against Sox2 (green) and tdTom (red) shows Isl1 tracing in sustentacular cells in the VNO. S, septum; SO, septal organ; SC, sustentacular cells; OSNs, olfactory sensory neurons.


Analysis of postnatal vomeronasal epithelia showed a different scenario from that in the OE. Immunostaining against TdTom indicated Isl1 tracing in both non-sensory epithelium (NSE) and sensory epithelium of the VNO. In the sensory epithelium, staining against OMP and tdTom showed that sparse recombination in 3.74% (±1.06 SEM) of the neurons (Figures 7F–F”). The vomeronasal neurons positive for tracing were variously distributed in apical and basal regions. Sox2 and tdTomato immunostaining revealed, as observed in the OE (Figures 7E–E”’), that Islet1 tracing was detectable in sustentacular cells (Figures 7G–G”). Since constitutive Isl1 lineage showed cells positive in olfactory and vomeronasal epithelia, we further investigated if Isl1 recombination also occurred in neurons of the SO and Gruenberg ganglion (GG). By performing immunostaining anti-OMP in postnatal animals, we found that both neuronal populations were negative for lineage tracing (Figure 8). Immunostaining with anti-CART and -PDE2A antibodies also revealed an absence of Isl1 expression in Necklace glomeruli cells (NGCs) (data not shown).
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FIGURE 8. Post-natal Isl1 constitutive lineage tracing is not expressed in other nasal sensory neurons. (A) Isl1Cre/R26tdTomato P8 parasagittal section of the nose immunostained against OMP and tdTomato shows that Isl1 recombination is limited to the respiratory epithelium even in post-natal stages. Neuronal sensory populations, such as the Gruenberg Ganglion (GG) (B–B”), is negative for recombination. (C) Coronal view of Isl1Cre/R26tdTomato at P8, stained against OMP and tdTomato shows Isl1 tracing restricted to the non-sensory cells and cells of the respiratory epithelium. (D–D”’) Magnification from C of the border between olfactory and respiratory epithelium shows Isl1Cre tracing restricted to the respiratory epithelium (arrowhead), while OMP + neurons are negative (arrow). (E–E”’) Septal organ (SO) from C indicates Isl1 recombination is restricted to the non-sensory (arrowheads) cells, while OMP + neurons are negative (arrows). R, rostral; C, caudal; RE, respiratory epithelium; OE, olfactory epithelium.
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FIGURE 9. Conditional loss of Isl1 in GnRH-1ns has no effect in their migration or development. Isl1/2 and GnRH double IF on E15.5 WT (A–A’), where all GnRH-1ns express Isl1/2 (arrows) and cKO (B–B’) sections show that some GnRH-1ns lose the expression of Isl1 (arrowheads). (C,D) Immunohistochemistry of GnRH-1 on WT and cKO sections shows comparable distribution of cells positive for GnRH-1ns. (E) Quantification of cKO shows no changes in the number or distribution of GnRH-1ns. NS, nasal septum; OB, olfactory bulb; bFB, basal forebrain.




Conditional Isl1 Loss of Function in GnRH-1ns

Isl1 is important for differentiation, cell migration, survival, and axonal targeting of neurons of the peripheral nervous system (Thor et al., 1991; Thaler et al., 2004; Sun et al., 2008). Our data revealed strong Isl1/2 expression in developing migrating GnRH-1ns (Figures 3, 4, 6). To test if Isl1 plays a role in GnRH-1ns migration or controls GnRH expression, we generated GnRH-1Cre/Islflox/flox conditional mutants. Embryos were analyzed at E15.5, which is the stage at which the majority of the GnRH-1ns have already migrated in the brain (Forni et al., 2011a). Double immunostaining against Isl1/2 and GnRH confirmed detectable Isl1 ablation in 38% (SE ± 5.28%) of GnRH-1ns (Figures 9A–B’), while Isl1 in controls was detectable in virtually all migratory GnRH-1ns. In GnRH-1Cre/Islflox/flox conditional mutants, GnRH-1ns negative for Isl1 immunoreactivity were found in the nasal area, forebrain junction, and the brain. These data suggest that Isl1 expression is not required for GnRH-1 peptide expression nor GnRH-1 neuronal migration. Quantification of GnRH-1ns distribution in nasal area, forebrain junction, and brain indicated an overall distribution of GnRH-1ns comparable with the one of controls (Figure 9E).



DISCUSSION

Cellular derivatives of the OPs play central roles in respiration, chemosensory detection, sexual development, fertility, and inter- and intra-species social behaviors. Understanding the basic mechanisms that define cellular diversity and underly normal and pathological development of the OP derivatives is of high clinical importance. Isl1 expression can occur in various neurogenic placodes (Begbie et al., 2002; Zhuang et al., 2013); however, a comprehensive analysis of Isl1 expression remains unknown. Isl1, which is important for differentiation, cell migration, survival, and axonal targeting of neurons in the peripheral nervous system (Thor et al., 1991; Thaler et al., 2004; Sun et al., 2008), has a very high upregulation during GnRH-1 neuronal differentiation (Lund et al., 2020). So, Isl1 remained a potential suitable genetic marker to label derivatives of the OP (Shan et al., 2020). Here, we sought to trace Isl1 expression and lineage in the developing nasal area using in situ hybridization, immunohistochemistry (Figure 3), temporally controlled Is1CreRT recombination (Figure 4), and constitutive Isl1CreERT genetic lineage tracing (Figures 5–8).


GnRH-1 Lineage Tracing in the Developing Nasal Area

Using in situ hybridization and immunohistochemistry, we detected Isl1 expression at E11.5 in the putative GnRH neurogenic area, ventral to the developing VNO (Figures 3A–D), in newly formed GnRH-1ns and the developing olfactory epithelium (Figures 3D–F”’). At E11.5, Isl1 immunoreactivity occurred in 89%(±3.33%) of GnRH cells, in line with published reports (Shan et al., 2020). However, histochemistry at E13.5 and E15.5 showed strong Isl1/2 immunoreactivity in virtually all GnRH-1ns, suggesting that Isl1 expression is not limited to specific subpopulations of GnRH cells (Shan et al., 2020). These data suggest a dynamic expression of Isl1 with more GnRH-1 cells positive across development.

At E11.5 we also found the existence of proliferative cells positive for Isl1 in the developing olfactory pit. Tamoxifen controlled Isl1CreERT tracing at E11.5 showed Isl1 lineage in putative GnRH progenitors/newly formed GnRH-1ns, cells of the respiratory epithelium, few proliferative progenitors in the developing olfactory pit, neurons at the border between respiratory epithelium and developing olfactory epithelium and sparse neuronal (HuC/D+) cells in the OE and VNO. Notably in this experiment we analyzed Isl1CreERT/R26R recombination 4 days after Tam treatment. This means that, when we observed the histological samples, we identified either cells that expressed Isl1 at the moment of Tam injection or cells that derived from progenitors expressing Isl1 at time of Tam injection.

In line with what observed after temporally Tam controlled recombination at E11.5, constitutively active Isl1Cre recombination showed that, during embryonic development (Figures 5, 6), Isl1 tracing highlights neurons in OE proximal to the border with RE, neurons in the vomeronasal organ, cells of the RE, GnRH-1ns, migratory neurons negative for GnRH, and sustentacular cells in olfactory and vomeronasal organ.

These data indicate that Isl1 expression/lineage is limited to specific subsets of olfactory placodal derivatives. In contrast to prior observations during embryonic development, Isl1Cre recombination analysis of postnatal Isl1Cre/R26R mice showed only sparse neurons positive for Isl1 tracing in the most caudal regions of the olfactory sensory epithelium, while cells positive for Isl1 tracing were still found in the VNO, respiratory epithelium, and in sustentacular cells of both OE and VNO (Figure 7). No Isl1 expression or lineage was in GC neurons and GG (Figure 8). These data suggest that Isl1 positive neurons in the OE at the border with the RE during embryonic development (Figures 4, 5) either migrated out of the epithelium as a part of the MM or died, even though we could still detect Isl1 expression/lineage in some vomeronasal organ neurons (Figures 7F–F”). So, we further defined the fate of the Isl1 neurons detectable in the OE during embryonic development. During embryonic development, we could also detect axonal projections positive for Isl1 traversing through the nasal area (Figures 4, 5). Some axonal projections likely belonged to the nasopalatine projections of the trigeminal nerve (Figures 3–5). Although both Isl1CreERT and Isl1Cre induced recombination in Peripherin + fibers projected to the ventral OB, the majority of OMP + fibers projecting to the MOB and AOB appeared negative for Isl1 tracing (Figures 4, 5). We did not pursue a detailed analysis of olfactory projections in postnatal animals, due to technical challenges in tracing Isl1 recombination in mitral cells of the MOB.



Isl1 in the GnRH-1 System

During embryonic development, GnRH-1ns migrate from the developing olfactory pit into the hypothalamus. Once in the preoptic area, GnRH neurons (GnRH-1ns) control the hypothalamic–pituitary–gonadal hormonal axis and reproductive development. Defective GnRH-1 release is the cause of HH, a condition that negatively impacts normal body development, social interactions, the ability to procreate, and physical performances (Burmeister et al., 2005; Yin and Gore, 2006; Maruska and Fernald, 2011; Zhang et al., 2013). HH associated with congenital anosmia (impairment of the sense of smell) is clinically defined as Kallmann syndrome (Kallmann, 1944; Legouis et al., 1991; Guioli et al., 1992; Hardelin et al., 1992; Incerti et al., 1992; Dode et al., 2003; Pitteloud et al., 2007). Though postnatal development of the olfactory system has been extensively studied, we still ignore many aspects regarding early development of the olfactory pit derivatives.

Previous studies in chick and mice indicate that soon after the OPs form they give rise to migratory olfactory pioneer neurons, and to several other neuronal populations including the terminal nerve cells and the GnRH-1ns. Placodal derived migratory neurons and the neural crest derived olfactory ensheathing cells form the MM (Barraud et al., 2013, 2010).

We previously showed that the fibers of the terminal nerve, upon which the GnRH-1ns migrate, are distinct from the OSN and VSN (Taroc et al., 2017, 2019, 2020). What progenitors give rise to the GnRH neurons, and what transcription factors control their onset are still open questions. Moreover, if what we define as GnRH neurons is one homogenous neuronal population is also a matter of debate.

Lineage tracing at different developmental stages suggests strong and consistent Isl1 expression in GnRH-1ns and cells of the MM (Figures 3, 4, 6). While the terminal nerve that projects from the vomeronasal area to the basal forebrain appeared to have heterogeneous Isl1 expression/genetic lineage tracing (Figure 6), Isl1 has been reported to be important in neuronal differentiation, cell migration, survival, and axonal targeting of various neuronal types (Thor et al., 1991; Thaler et al., 2004; Sun et al., 2008). The consistent Isl1/2 expression in developing and migratory GnRH-1ns (Figures 3, 4, 6), which is conserved from fish to humans prompted us to test its developmental role.

We first made an attempt to conditionally KO Isl1, which as a whole KO is embryonic lethal, by mating Isl1CreERT mice (Figure 4), which are Isl1null heterozygous, with Isl1flox. After Tamoxifen injection at E11.5, we analyzed Isl1CreERT/flox mice and controls at E15.5 (as in Figure 4). After Tamoxifen treatment, Isl1CreERT extensively recombines in the developing GnRH-1ns (Figure 4). Surprisingly Tam + Isl1CreERT/Isl1flox embryos did not show any obvious phenotype related to GnRH-1ns (Supplementary Material). However, for this model, we could not verify the efficiency of recombination because antibodies unable to detect the floxed Isl1 truncated protein were still recognizing the Isl1CreERT protein product (see section “Materials and Methods”). For this reason, we report these as supplementary observations. In order to further test the role of Isl1 in GnRH-1 neuronal development, we generated GnRH-1Cre/Isl1flox/flox conditional mutants. Here, we could document complete loss of Isl1 immunoreactvity in around ∼40% of GnRH-1ns (Figure 9). Notably most of the anti Isl1 Abs have some level of cross reactivity with Isl2, therefore we performed in situ hybridization against exon 4 of Isl1 paired with anti GnRH-1 immunofluorescent staining (not shown). These experiments suggest similar penetrance of recombination as indicated by IF. Notably, also in GnRH-1Cre/Isl1flox/flox mutants, we did not observe obvious defects in GnRH-1 neuronal migration nor in GnRH-1 expression (Figure 9). In fact, GnRH-1ns negative for Isl1 were found in both nasal area and brain. Total number and overall distribution of GnRH-1 was comparable to controls. These data suggest that Isl1 alone is not necessary for GnRH-1 expression or neuronal migration. We believe that our conditional Isl1KO might partially compensate Isl1 loss-of-function through Isl2 expression. Notably, Isl1 and Isl2 have been shown to be required for the expression of neuropilin-1 (Nrp1) (Lee et al., 2015). Moreover, it was recently demonstrated that selective loss of Nrp1 in GnRH-1ns leads to a total increase in the number of GnRH-1ns in mouse (Vanacker et al., 2020). In line with these observations in our Isl1CreERT/Flox cKO embryos, we observed a trend with an increase in the total number of immunoreactive GnRH-1ns (Supplementary Figure S1). Since loss of Nrp1 expression is more dramatic in Isl1/Isl2 double knockouts (Lee et al., 2015), we predict that Isl1/Isl2 double knockouts could have increased number of GnRH-1ns as reported for Nrp1 null mice (Vanacker et al., 2020).



CONCLUSION

Our data indicate very selective expression of Isl1 in neurons forming in the OP including the GnRH-1ns, various migratory neuronal populations and some cells in the VNO, terminal nerve and sustentacular cells on the more medial and lateral portions of the OE. Isl-1 immunoreactivity and genetic tracing suggest that Isl-1 expression, though dynamic, is common feature for virtually all GnRH-1ns (Shan et al., 2020) and several other neurons of the MM. If all these early migratory neurons derive from similar pre-placodal subregions should be further investigated. Performing GnRH-1ns specific Isl1 ablation in GnRH-1ns we did not detect obvious cell specification, differentiation, survival, or migratory defects (Shan et al., 2020) at embryonic development stages suggesting a dispensable role for Isl1 in GnRH neurons.

Our results leave open the question of what is the physiological role of this transcription factor in murine GnRH-1ns development and function. Further studies focused on Isl1 role in postnatal developmental and fertility can give definitive insights.
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Development of the vertebrate head is a complex and dynamic process, which requires integration of all three germ layers and their derivatives. Of special importance are ectoderm-derived cells that form the cranial placodes, which then differentiate into the cranial ganglia and sensory organs. Critical to a fully functioning head, defects in cranial placode and sensory organ development can result in congenital craniofacial anomalies. In a forward genetic screen aimed at identifying novel regulators of craniofacial development, we discovered an embryonically lethal mouse mutant, snouty, which exhibits malformation of the facial prominences, cranial nerves and vasculature. The snouty mutation was mapped to a single nucleotide change in a ubiquitously expressed gene, Med23, which encodes a subunit of the global transcription co-factor complex, Mediator. Phenotypic analyses revealed that the craniofacial anomalies, particularly of the cranial ganglia, were caused by a failure in the proper specification of cranial placode neuronal precursors. Molecular analyses determined that defects in cranial placode neuronal differentiation in Med23sn/sn mutants were associated with elevated WNT/β-catenin signaling, which can be partially rescued through combined Lrp6 and Wise loss-of-function. Our work therefore reveals a surprisingly tissue specific role for the ubiquitously expressed mediator complex protein Med23 in placode differentiation during cranial ganglia development. This highlights the importance of coupling general transcription to the regulation of WNT signaling during embryogenesis.
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INTRODUCTION

1% of all live human births exhibit a developmental anomaly, and of those, about one-third affect the head and face. Although jaw and skull anomalies are the most common, defects in cranial nerve development also frequently occur, underscoring their importance for development and survival. Mammals have 12 cranial nerves that control various functions, including jaw movement for talking and eating, facial expression, gathering and transmitting information through the sense organs, as well as regulating heart rate and gut peristalsis. The cranial nerves and their associated ganglia are typically composed of two ectodermally-derived cell populations, neural crest cells and cranial placode cells, which collectively give rise to neurons and glia (D’Amico-Martel and Noden, 1983).

Neural crest cells comprise a migratory stem and progenitor cell population and are derived from the neural ectoderm. Neural crest cells contribute to a diverse array of cells and tissues throughout vertebrate embryos, including much of the bone, cartilage and connective tissue of the craniofacial skeleton, smooth muscle cells and pericytes of the vasculature, melanocytes or pigment cells in the skin, as well as neurons and glia of the peripheral nervous system (Crane and Trainor, 2006; Sandell and Trainor, 2006; Bhatt et al., 2013; Trainor, 2016). Meanwhile, the cranial placodes originate from a single pre-placodal region (PPR) of non-neural ectoderm, which then segregates into individual cranial placode territories as embryogenesis progresses (Baker and Bronner-Fraser, 2001). Some of the placodes are neurogenic and differentiate into cranial nerves, while others as their names suggest differentiate into the paired olfactory, optic and otic sense organs, or the hormone secreting anterior pituitary gland (Harvard Stem Cell Institute, 2008; Saint-Jeannet and Moody, 2014).

To identify, in an unbiased manner, novel genes that play important roles in neural crest, placode and craniofacial development, we performed a three generation forward genetic screen in mice via N-ethyl-N-nitrosourea (ENU) induced mutagenesis (Sandell et al., 2011). From this screen we identified a mouse mutant, which was termed snouty, due to the hypoplastic malformed shape of its frontonasal tissues. Subsequently, we identified a point mutation in Med23 underlying the etiology of the snouty phenotype. Med23 encodes a subunit of Mediator, which is essential for general and activated transcription (Allen and Taatjes, 2015). In mammals, the Mediator complex consists of about 30 subunits, which are arranged into four modules, Head, Middle, Tail and Kinase, and Med23 is a member of the Tail module (Conaway et al., 2005). These subunits interact with components of the RNA Polymerase II complex as well as diverse transcription factors, thereby coordinating development and cell fate determination (Risley et al., 2010; Li et al., 2015; Ranjan and Ansari, 2018).

In this study, we show that Med23 is essential for embryo survival, and plays a novel critical role in cranial ganglia development. Med23 regulates canonical WNT signaling during cranial placode development, the perturbation of which results in defects in cranial ganglia neuronal differentiation. Consistent with this model, we demonstrate that genetically modulating WNT signaling in snouty embryos can ameliorate the neuronal defects in cranial ganglia development. Our work therefore has uncovered an important link between the Mediator complex and WNT signaling, which links the general transcription co-factor machinery to modulation of a major highly conserved signaling pathway important in development, tissue homeostasis and disease.



MATERIALS AND METHODS


Animals

The snouty mouse line (Med23sn) used in this study was generated as previously described (Sandell et al., 2011). DNA from snouty mutants and founders was collected and subjected to mapping with microsatellites polymorphic between the mixed C57/BL6 and 129/Sv background of our mutagenized animals and the FVB strain to which they were bred (Sandell et al., 2007, 2011). The snouty mutation was initially mapped to proximal region of chromosome 10 and then through single nucleotide polymorphism refinement, was identified as a single T-A base pair change in exon 22 of Med23. Genotyping was performed by Transnetyx with the following Taqman probes:

Forward Primer: CAACGACATGGTGTGGAAGTACA

Reverse Primer: TCTTACCAGGCAGAGAATGAGTCT

Reporter 1: CCAGCGTGACAATGT (mutant)

Reporter 2: TCCAGCGTGTCAATGT (wild-type)

The Med23bgeo/+ and Med23flox/+ allele mice were derived from ES cells generated through the Knockout Mouse Project (KOMP) consortium. These mice and their derivatives were genotyped via Transnetyx. Cre-ERT2 [B6.129 – Gt(ROSA)26SorTM 1(Cre–ERT2)Tyj/J, Jax stock cat# 008463], Tek-Cre [B6.Cg-Tg(Tek-cre)1Ywa/J, Jax Stock cat# 008863], and Wnt1-Cre [H2afvTg(Wnt1–cre)11Rth Tg(Wnt1-GAL4)11Rth/J, Jax stock cat# 003829] mice were obtained from the Jackson Laboratory and maintained as previously described (Chai et al., 2000; Jiang et al., 2000; Kisanuki et al., 2001). Med23flox/flox mice were crossed with Cre driver mice in order to delete Med23 in neural crest cells (Wnt1-Cre), in endothelial cells (Tek-Cre) or in all cells following treatment with 2 mg of tamoxifen and 0.4 mg progesterone (Cre-ERT2). Lrp6+/– and Wise+/– mice were generated and maintained as previously described (Ahn et al., 2010, 2013). For embryonic staging, the morning of identification of the vaginal plug was defined as embryonic day (E)0.5. All procedures were performed in compliance with Stowers Institute of Medical Research (SIMR) IACUC approved protocols (2019-094 and 2019-097).



Western Blotting

Total protein was extracted from three control and three mutant embryos. Protein concentration was estimated by a BCA assay. A standard western blot was performed using the following primary antibodies: Med23 at 1:500 (LifeSpan BioSciences, cat# LS-C193128) and a-Tubulin at 1:1000 (Life Technologies, cat# MA1-19162).



Whole Mount Immunostaining

Embryos were harvested in 1X PBS and fixed in 4%PFA in PBS at 4°C overnight. Standard whole embryo immunostaining was performed as previously described (Inman et al., 2013; Sandell et al., 2014). Primary antibodies against the following proteins were used: β-tubulin III (TuJ1) at 1:1000 dilution (Covance Research products, cat# MMS-435P), PECAM1/CD31 at 1:400 dilution (BD Pharminogen, cat# 553370), cleaved caspase 3 at 1:1000 dilution (Cell Signaling Technology, cat# 9661S) and Sox10 at 1:500 dilution (Abcam, cat# 155279). Secondary antibodies used were: Goat anti-Mouse IgM (Invitrogen/Molecular Probes, cat# A-21042), Goat anti-Rabbit IgM (Invitrogen/Molecular Probes, cat# A-11034) and Peroxidase AffiniPure Donkey Anti-Rat IgG (H + L) (Jackson ImmunoResearch, cat# 712-035-153) at 1:500 dilution. Immunostained embryos were mounted in Vectashield Antifade Mounting Media (Vectorlabs, cat# H-1000) and imaged using an upright confocal microscope. Except for Pecam1 staining in Figure 1, control and mutant embryos were imaged with the same magnification.
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FIGURE 1. snouty embryos exhibit small body size and craniofacial defects at E9.5. (A–D) Control and snouty mouse embryo littermates at E9.0 and E9.5 were stained with DAPI and imaged with a confocal microscope demonstrating the smaller body size and shortened frontonasal prominences (arrows) in snouty embryos. (E–F′) Neuronal marker TuJ1 staining of control and snouty embryos at E9.5 suggests that snouty embryos exhibit disrupted cranial ganglia. (E′,F′) Are higher magnification images of (E,F). (G,H) PECAM1 immunostaining of E9.5 control and snouty embryos reveal abnormal development of the vascular tree like network in the head and epibranchial regions of snouty mutants. Intersomitic vessel formation (arrow, G,H) is not affected.opv, optic vesicle; ov, otic capsules; BA, branchial arch; DRG, dorsal root ganglia. Scale bars for (A–D) is 300 um, (E,F) is 350 um, (G) is 300 um, (H) is 200 um.




X-Gal Staining

For whole mount X-Gal staining, the embryos were dissected in Tyrode’s solution and fixed in 2% PFA/0.2% Glutaraldehyde in PBS on ice for varying time periods depending on their embryonic stage (E7.5–15, E8.5–30, E9.5–45 min). Following fixation, the embryos were stained using the X-gal staining kit from Millipore corporation, cat# BG-6-B according to the manufacturer’s protocol.



RNA in situ Hybridization

The embryos were harvested in 1X PBS/0.1% DEPC and fixed in 4% PFA in 1X PBS/0.1% DEPC overnight at 4°C. In Situ hybridization was performed using a standard protocol as previously described (Behringer et al., 2014). Control and mutant embryos were imaged at the same magnification using a Nikon camera. Images were processed using Adobe Photoshop.



Microarray

Mouse Exonic Evidence Based Oligonucleotide (MEEBO) arrays1 were printed on poly-L-lysine coated slides using a High-Speed Linear Servo Arrayer. The concentration of oligonucleotides was 40 μM in 3X SSC buffer. Following printing, slides were blocked with succinic anhydride. Microarrays were performed on total RNA isolated from individual E9.5 wild-type and snouty mutant littermate embryos using the RNeasy Mini Kit (Qiagen). Aliquots of total RNA were tested for integrity and concentration using the RNA 6000 Nano Assay and RNA LabChips on the Agilent Bioanalyzer 2100. ArrayControl RNA Spikes (Thermo Fisher, cat# AM1780) were mixed with 1 μg of high integrity total RNA before undergoing amplification using the AminoAllyl MessageAmp II aRNA Amplification Kit (Thermo Fisher, cat# AM1753) according to the corresponding instruction manual.

Labeling and hybridization of aRNA was carried out essentially as described previously but with a few modifications (Bozdech et al., 2003). Briefly, 3 μg amplified aRNA was coupled with Cy dyes (CyDye Post-Labeling Reactive Dye Pack, GE Healthcare, RPN 5661). Labeling reactions were quenched with hydroxylamine, and uncoupled dye material removed using cleanup columns following the AminoAllyl MessageAmp II aRNA Amplification Kit instructions (Thermo Fisher, cat# AM1753). Fragmentation of aRNA to between 60 and 200 nt was conducted using (Ambion) RNA Fragmentation Reagents (Thermo Fisher, cat# AM8740) according to the manufacturer’s instructions. Slides were hybridized with a mixture of Cy3 and Cy5 labeled probes. Hybridizations were performed at 63°C overnight under standard conditions (3X SSC, 0.2 mg/ml Poly-dA15, 25 mM HEPES, 0.25% SDS). Slides were then washed at room temperature successively with 0.6X SSC/0.03% SDS and then 0.06X SSC prior to scanning.

Microarray images were acquired with a GenePix 4000B scanner (Axon Instruments, Foster City, CA, United States). Image analysis was performed using GenePix Pro 6.0 software (Axon Instruments). Differentially expressed genes were identified at a significant p-value < 0.05 and fold change cut-off of ± 1.2. Microarray data has been deposited in NCBI’s Gene Expression Omnibus and is available through GEO Series accession number GSE1443272. Pathway analysis was performed using Ingenuity Pathway Analysis (IPA®). Cytoscape was used to perform network analyses.



qRT-PCR

Total RNA was isolated from the heads of individual E9.5 wild-type, Med23sn/sn, Med23sn/sn;Lrp6+/–, Med23sn/sn;Wise+/– and Med23sn/sn;Lrp6+/–;Wise+/– embryos using the RNeasy Mini Plus Kit (Qiagen). cDNA synthesis and RT-qPCR were performed as described on an ABI7300 Real-Time PCR system using Power Sybr Green PCR master mix (Invitrogen Life Technologies, Carlsbad, CA, United States). For each sample, differential expression was determined using the ΔΔCT method and a t-test was used for statistical analysis. The following primers were used for qRT-PCR: Med23 Forward: 5′-ATTACAAGGGTGTTCGAGA-3′; Med23 Reverse 5′-TATAACCTCTCTTGCTGCCAGA-3′; Dkk1 Forward: 5′-CA ACTACCAGCCCTACCCTTG-3′, Dkk1 Reverse: 5′-GAGCCT TCTTGTCCTTTGGTGTGA-3′, Ccnd1 Forward: 5′-TGGATG CTGGAGGTCTGTG-3′, Ccnd1 Reverse: 5′-ACTTCACATCTG TGGCA-3′, Ngn1 Forward: 5′-CAAGCCCATTCACTCCCTGA-3′, Ngn1 Reverse: 5′-CAAGCCCATTCACTCCCTGA-3′, Ngn2 Forward: 5′-GAGCCGCGTAGGATGTTCGTCA-3′, Ngn2 Reverse: 5′-CCTGCCCGGCTTCCGCTCCA-3′, NeuroD1 Forward: 5′-GCTGTTTGAGATGTGATGCTGG-3′, and NeuroD1 Reverse: 5′-AGACGTTGATCCTCCTCGCT-3′. Primers to detect Med23 transcripts were designed based on the exon–exon junction of exons 1–2 and exons 3–4 of the Med23 gene.



RESULTS


snouty Embryos Exhibit Defects in Craniofacial, Cranial Ganglia, and Vascular Development

We identified 10 distinct recessive mutants in our ENU mutagenesis screen, each of which presented with craniofacial dysmorphogenesis at E9.5-E10.5 (Sandell et al., 2011). One mutant was termed snouty due to the characteristic hypoplasia of its frontonasal prominence and pharyngeal arches, which was evident as early as E9.0 (Figures 1A,B). By E9.5, snouty embryos exhibit defects in overall growth compared to littermate controls with progressively worsening craniofacial abnormalities, including malformed frontonasal prominences, pharyngeal arches, otic and optic vesicles (Figures 1C,D). Relative to control littermates, snouty embryos are also slightly developmentally delayed at this stage, by about 4 h, as measured by their difference in somite number. snouty embryos are embryonic lethal around E10.5.

The nervous and vascular systems are two precisely patterned networks that develop in close proximity to each other during embryogenesis. Perturbation of either system or their integration can lead to neurovascular disorders, which are a major cause of embryonic lethality (Shalaby et al., 1995; Lim et al., 2000, 3; Ruhrberg and Bautch, 2013). Therefore, as a first step toward understanding the mechanistic origin of the craniofacial defects and the lethality observed in snouty embryos, we examined whether neurovascular development occurred normally in snouty embryos. Using β-tubulin III (TuJ1) which labels developing neurons and their axons in the central and peripheral nervous systems (CNS and PNS), we observed that a complex neuronal network forms in the midbrain (CNS) of wild-type embryos by E10.5 (Figures 1E,E′). Furthermore, β-tubulin III demarcates developing neurons of the cranial sensory nervous system, including the trigeminal (V), facial/vestibulo-acoustic (VII/VIII), glossopharyngeal (IX) and vagal (X) nerves, as well as dorsal root ganglia (DRG) in the trunk. In contrast, in snouty mutant embryos, although a midbrain neuronal plexus is formed, β-tubulin III immunostaining revealed that the network was hypoplastic, and furthermore that there was a paucity of neurons in the cranial sensory ganglia, with respect to the trigeminal, facial, and glossopharyngeal nerves (Figures 1F,F′). Thus, snouty embryos exhibit major perturbations in nervous system development, particularly the PNS when compared to control littermates, and this may underpin their early embryonic lethality (Figures 1E,F).

Defective vascular development is also a frequent cause of embryonic lethality and platelet endothelial cell adhesion molecule (PECAM1/CD31), which labels endothelial cells amongst others, illustrates the complexity of the developing vascular network during embryogenesis (Figures 1G,H). Similar to wild-type embryos, PECAM1 immunostaining revealed a well-developed network of embryonic blood vessels in snouty mutant embryos. This is evident in the dorsal aorta and intersomitic vessels. However, the complexity and density of the vessel pattern, particularly in the midbrain and pharyngeal arch arteries were noticeably reduced (Figures 1G,H). Perturbation of the vascular network was not perceived to be as severe as that of the neural network, suggesting the gene mutated in snouty embryos played a predominant role in regulating cranial sensory nervous system development.



snouty Carries a Single Point Mutation in Med23, Which Encodes a Ubiquitously Expressed Subunit of the Mediator Complex and Is Essential for Embryo Survival

To identify the DNA mutation associated with the snouty phenotype, we used a panel of microsatellite markers polymorphic between the mixed C57/BL6 and 129/Sv background of our mutagenized animals and the FVB strain to which they were bred (Sandell et al., 2007, 2011). The snouty mutation was initially mapped to chromosome 10 and then through single nucleotide polymorphism refinement, was identified as a single T-A base pair change in exon 22 of Med23 (Figure 2A). Med23 encodes a subunit of the transcription co-factor complex, Mediator. The missense base pair change which maps to the core of Med23, led to a single amino acid change from Valine to Aspartic acid (V to D) in the 6-HEAT motif that contributes to the arch-shaped structure or conformation of Med23 (Monté et al., 2018). Western blotting indicated that Med23 is essentially absent in snouty mutant embryos (Figure 2B). The reduced protein level is consistent with a potential conformational change rendering the mutant Med23 protein unstable.
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FIGURE 2. snouty mutant mice have a mutation in the Med23 gene. (A) The snouty mouse mutant phenotype was determined to be caused by a single base pair mutation in Exon 22 of the Med23 gene, which leads to a valine to aspartic acid amino acid change in the protein. Chromosome position of the mutation is noted based on mm10 mouse assembly. (B) Western blot against Med23 shows a drastic reduction of Med23 protein levels in snouty mutant embryos. (C) Ubiquitous expression of LacZ throughout E7.5 to E10.5 embryos is indicative of the Med23 expression. Scale bar is 250 um.


To definitively prove that Med23 loss-of-function was responsible for the snouty phenotype, we performed a complementation test with a null allele of Med23 generated from ES cells obtained through the Knock-out Mouse Project (KOMP) consortium. The ES cells contained a splice acceptor-lacZ genetrap construct inserted between exons 12 and 13 of Med23 (Supplementary Figure S1A). The 5′ splice acceptor site and 3′ polyA tail were designed to produce a null allele by disrupting the endogenous Med23 transcript through expression of a reporter lacZ fusion transcript. Mice carrying the genetrap allele were designated Med23bgeo/+. Med23bgeo/bgeo homozygous embryos displayed similar developmental defects to snouty (hereafter referred to as Med23sn/sn) embryos and did not survive beyond E10.5 (Supplementary Figures S1B,C). Med23bgeo/bgeo embryos were also developmentally delayed relative to control littermates, and perhaps slightly more so than Med23sn/sn embryos. This is likely due to the complete loss of function of Med23 in Med23bgeo/bgeo embryos as well as the C57BL/6 background of the Med23bgeo/bgeo embryos compared to FVB background for Med23sn/sn embryos.

For the complementation test, we generated Med23sn/bgeo embryos and compared their phenotype to Med23sn/sn and Med23bgeo/bgeo embryos (Supplementary Figure S2). Similar to Med23sn/sn and Med23bgeo/bgeo embryos, Med23sn/bgeo embryos also do not survive beyond E10.5, and display craniofacial, neuronal and vascular development defects that are similar to Med23sn/sn and Med23bgeo/bgeo embryos (Supplementary Figures S2A–F). The failure of the Med23bgeo allele to complement the Med23sn allele provided genetic confirmation that Med23 loss-of-function is responsible for the Med23sn/sn phenotype and furthermore that Med23sn is likely a null allele similar to Med23bgeo.

Because Med23 has been previously identified as a candidate gene for placental defects (Perez-Garcia et al., 2018), we examined the placentas of wild-type and Med23sn/sn embryos at E9.5 by histology. The primary layers, trophoblast giant cell layer, chorion and allantois, appear to be present in Med23sn/sn placenta and in similar proportions compared to wild-type placenta. This suggest that there are no gross morphological defects in placenta development in Med23sn/sn embryos (Supplementary Figure S3). This could be because the snouty point mutation in Med23 does not affect placental development as opposed to the bgeo insertional deletion of Med23. Another possibility is that genetic background affects placental development (Dackor et al., 2009). Med23sn/sn embryos are on an FVB background in contrast to the C57Bl/6N background in which the placental defects were previously described.

Therefore, to begin to understand the mechanistic origins and pathogenesis of the craniofacial, neuronal and vascular defects observed in the allelic series of Med23 embryos, we characterized the spatiotemporal expression of Med23 during normal embryogenesis. Using the lacZ fusion transcript as a reporter for Med23 activity, X-gal staining of Med23bgeo/+ embryos revealed that Med23 is expressed ubiquitously in all embryonic tissues during post-implantation development from E7.5 to 10.5 (Figure 2C).



Cranial Ganglia Defects in Med23sn/sn Embryos Occur Predominantly Due to Defects in Cranial Placode Development

Med23sn/sn embryos are characterized primarily by hypoplastic frontonasal prominences and pharyngeal arches as well as a malformed peripheral nervous system, particularly of the cranial sensory ganglia (Figure 1). Previous studies have shown that the cranial ganglia are derived from two distinct ectodermal cell populations; neural crest cells and placode cells (D’Amico-Martel and Noden, 1983). Cranial neural crest cells contribute neurons and glia, whereas the ectodermal placodes only contribute neurons of the cranial ganglia. However, cellular interactions between neural crest cells and placodes are also essential for proper cranial nerve development (Shiau et al., 2008; Freter et al., 2013; Sandell et al., 2014; Kurosaka et al., 2015). In order to determine whether Med23 was required in neural crest cells and/or cranial placode cells, for proper cranial sensory ganglia development, we analyzed their contributions with cell specific markers via RNA in situ hybridization in wild-type and Med23sn/sn littermate embryos. Sox10 labels migrating neural crest cells as they delaminate from the neuroepithelium beginning around E8.25–8.5, and becomes progressively restricted to neural crest cells destined for neuro-gliogenic fates around E9.0–E9.5 (Britsch et al., 2001). Sox10 expression is observed in neural crest cells populating the cranial ganglia in E8.5–9.5 wild-type and Med23sn/sn littermate embryos (Figures 3A–D). However, E9.5 Med23sn/sn embryos display a slight reduction in Sox10+ cells in the head (Figures 3B,D). Crabp1 labels the neuroepithelium, midbrain neuronal plexus, and migrating neural crest cells that colonize the pharyngeal arches in E9.0–9.5 control embryos (Dencker et al., 1990). Although the levels of Crabp1 expression are comparable, the domains are somewhat reduced in Med23sn/sn mutant embryos (Figures 3E,F). Collectively, the expression of Sox10 and Crabp1 in Med23sn/sn embryos relative to controls indicates that Med23 is not required for the induction or migration of cranial neural crest cells. Thus, defects in neural crest cell development are unlikely to cause the cranial peripheral nervous system defects observed in Med23sn/sn embryos.
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FIGURE 3. Med23sn/sn mutants display neural crest cell and placodal defects. (A–D) Sox10 expression in E8.5 and E9.5 control and Med23sn/sn embryos shows reduced Sox10 + cells entering the cranial ganglia region near the 1st branchial arch and around the otic vesicle in Med23sn/sn embryos. (E,F) Crabp1 ISH reveals proper neural crest cell migration in the cranial and trunk regions of E9.5 control and Med23sn/sn embryos. (G,H) Eya2 expression in control and Med23sn/sn embryos shows proper formation of anterior pre-placodal area. However, very few Eya2+ cells are observed in the trigeminal and epibranchial regions of Med23sn/sn embryos (arrow, H). (I,J) Pax2+ cells are present in the optic, otic, and isthmus of both control and Med23sn/sn embryos. (K,L) Pax8+ cells are present but loosely organized in the epibranchial region, otic placode and isthmus of Med23sn/sn embryos in comparison to controls. Scale bar for (A,B) is 120 um, (C–F,I–L) is 300 um, and (G–H) is 150 um.


Therefore, we turned our attention to cranial placode development, the perturbation of which could underlie the malformed cranial sensory ganglia observed in Med23sn/sn embryos (Figure 1). Each stage of cranial sensory development, from specification of the pre-placode territory to neuronal differentiation of cranial placode cells, can be delineated via spatiotemporal gene expression (Schlosser, 2006; Saint-Jeannet and Moody, 2014). Cranial placode development begins with the formation of a single ectodermal-cell population called the pre-placodal region. Six and Eya gene family members are expressed at the time of pre-placodal region specification and their expression is maintained as the pre-placodal region segregates and differentiates into specific placodes (Zou et al., 2004). At E9.5, Eya2+ cells are observed in the trigeminal and epibranchial placodes of wild-type embryos (Figure 3G). In contrast, Med23sn/sn embryos display a reduced domain of Eya2+ cells in the developing trigeminal placode and forming epibranchial placodes (Figure 3H). Interestingly, Eya2–/– mutant mice present with no obvious external phenotype and are viable and fertile (Grifone et al., 2007), indicating that loss of Eya2 expression cannot explain the cranial ganglia neurogenesis defects in Med23sn/sn embryos. This led us to hypothesize that Med23 is specifically required during later stages of cranial sensory nervous system development, namely segregation and/or differentiation.

To further understand the function of Med23 during cranial placode development, we next examined whether the placodes are appropriately specified in Med23sn/sn embryos. More specifically, we characterized the expression of Pax2 and Pax8, which have been shown to demarcate the newly specified epibranchial and otic placodes in mouse embryos (Baker and Bronner-Fraser, 2001; Bouchard et al., 2004; Ohyama and Groves, 2004). In E9.5 wild-type embryos, Pax2+ cells were observed in the nasal, optic and otic placodes, and in the epibranchial region and isthmus (Figure 3I). A similar pattern of Pax2 expression was also found in Med23sn/sn embryos (Figure 3J). Pax8 is expressed in the epibranchial and otic placodes as well as in the isthmus of E9.5 wild-type mouse embryos (Figure 3K), and this pattern remained largely unchanged in Med23sn/sn littermate embryos (Figure 3L), except that Pax8+ cells in the developing epibranchial placodes do not seem to coalesce as well in the mutant embryos as they do in wild-type controls. Nonetheless, the presence of Pax2+ and Pax8+ cells in the epibranchial region suggests that the epibranchial placodes are being specified in Med23sn/sn embryos. The persistence of Eya2+ cells in both wild-type and Med23sn/sn embryos, and proper specification of epibranchial placodes (presence of Pax2+ and Pax8+ cells in the epibranchial region) in Med23sn/sn embryos, suggests that Med23 is required during later stages of cranial placode development, namely segregation and/or differentiation. Collectively, these results imply that malformation of the cranial sensory nervous system in Med23sn/sn embryos possibly occurs during the stage of neuronal progenitor cell specification and delamination, which precedes the later differentiation and maturation of the cranial sensory ganglia.

To delineate the role of Med23 in neuronal specification of cranial placodes cells, we next analyzed the expression of Neurogenin1 (Ngn1) and Neurogenin2 (Ngn2), which are vertebrate neurogenesis determination genes (Fode et al., 1998; Ma et al., 1998). Ngn1 and Ngn2 are expressed in the placodal ectoderm prior to neuroblast delamination where they define complementary subsets of cranial sensory neuron precursors. Ngn1 loss-of-function was previously shown to prevent development of the “proximal” subset of cranial sensory ganglia, whose neurons derive from cranial neural crest, trigeminal, or otic placode precursors (Ma et al., 1998). In contrast, loss of Ngn2 prevents development of the complementary “distal” subset of ganglia, whose precursors derive from posterior epibranchial placodes (Fode et al., 1998). In E9.5 wild-type embryos, Ngn1 is primarily expressed in the developing trigeminal placode, but can also be found in the developing epibranchial placodes (Figure 4A). In contrast, very few cells in the developing trigeminal placode of Med23sn/sn littermate embryos express Ngn1, and no cells in the epibranchial placode region were observed to be Ngn1+ (Figure 4B). Similar results were observed with respect to Ngn2. In E9.5 wild-type embryos, numerous Ngn2+ cells are present in the epibranchial placodes (Figure 4C), however, in Med23sn/sn littermate embryos the region of Ngn2+ cells in the developing epibranchial placodes was drastically reduced (Figure 4D). We confirmed the downregulation of Ngn1 and Ngn2 transcript levels in E9.5 Med23sn/sn embryonic heads by qPCR (Figure 4I). These data imply that cranial placode neuronal precursors fail to be specified or delaminate during cranial sensory nervous system development in Med23sn/sn embryos.
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FIGURE 4. Med23sn/sn mutants display defects in neuronal differentiation. (A,B) Ngn1 is expressed in trigeminal (arrow) and epibranchial cells in control embryos, however is downregulated or lost in Med23sn/sn embryos. (C,D) Ngn2+ cells are observed in the epibranchial ganglia of control embryos (arrows, C). Ngn2+ cell number is drastically reduced in the epibranchial ganglia of Med23sn/sn embryos (arrows, D). (E,F) Neurod1+ cells are considerably reduced in the developing trigeminal and epibranchial ganglia of Med23sn/sn embryos at E9.5 compared to controls. (G,H) A higher number of cleaved Caspase 3 positive cells are observed in the developing trigeminal and frontonasal prominence of E9.5 Med23sn/sn embryos compared to controls. (I) qPCR analyses of E9.5 wild-type and Med23sn/sn littermate embryos revealed downregulation of Ngn1, Ngn2, and NeuroD1 transcripts in the mutants. Statistical analysis was performed using ANOVA and ∗ denotes a p-value < 0.05. Scale bar for (A–F) is 150 um, (G,H) is 300 um. *p < 0.05.


Ngn1 and Ngn2 directly regulate Neurod1 expression in the trigeminal and epibranchial ganglia respectively during cranial sensory nervous system development (Sun et al., 2001; Mattar et al., 2004). Neurod1, which is a well-established indicator of neuronal differentiation, is expressed in neurogenic cranial placodal cells in the trigeminal and epibranchial ganglia of wild-type embryos at E9.5 (Figure 4E). Med23sn/sn embryos display an almost complete absence of Neurod1 expression in the developing cranial ganglia (Figure 4F), which we confirmed by qPCR (Figure 4I). The few cells in the trigeminal ganglion that still express Neurod1 in Med23sn/sn embryos correlate with the small number of β-tubulin III+ cells observed in the trigeminal ganglion (Figure 1F). In addition, a higher number of cells in Med23sn/sn embryos, especially in the trigeminal and the frontonasal prominence are cleaved Caspase 3 positive indicating that cell death is elevated in Med23sn/sn embryos compared to controls (Figures 4G,H).

Therefore, our analyses have revealed a requirement for Med23 during multiple steps of cranial placode development, and that a failure in neuronal differentiation and maturation together with apoptosis underlies abnormal development of the cranial sensory nervous system in Med23sn/sn embryos.



Med23 Regulates WNT Signaling During Cranial Ganglia Differentiation

To determine how Med23 regulates differentiation of the trigeminal and epibranchial placodes during cranial sensory nervous system development, we undertook comparative transcriptome analyses of E9.5 Med23sn/sn embryos and their control littermates. Consistent with our spatiotemporal analyses of gene expression, NeuroD1 was downregulated. More importantly, Ingenuity Pathway Analysis (IPA®) and a Cytoscape network plot revealed that the differential expression of multiple genes in Med23sn/sn embryos was associated with the canonical WNT/β-catenin signaling pathway (Supplementary Table S1 and Supplementary Figure S7). Differentially expressed genes include the WNT inhibitor Dkk1, and WNT target, Ccnd1, both of which were downregulated. We confirmed the downregulation of Dkk1 and Ccnd1 transcripts in concert with Med23 loss-of-function using qPCR (Figure 5A), which led us to hypothesize that WNT signaling may be mis-regulated in Med23sn/sn embryos. To test this hypothesis, we bred the BATGal transgenic reporter into the background of Med23sn/sn embryos. BATGal reporter mice express lacZ under the regulation of β-catenin responsive elements, such that lacZ expression serves as a proxy for spatiotemporal WNT signaling (Ahn et al., 2010, 2013). WNT/β-catenin signaling levels, as evidenced by the intensity and spatial distribution of lacZ activity, were increased in the pharyngeal/epibranchial region (dotted box) and lateral frontonasal processes (asterisk) of Med23sn/sn embryos, coinciding with the anatomical regions most disrupted (Figures 5B–E′). This suggests that elevated WNT signaling is associated with abnormal morphological development in Med23sn/sn embryos.
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FIGURE 5. WNT signaling is upregulated and ectopically expressed in the lateral nasal processes of Med23sn/sn embryos. (A) qPCR analysis of cDNA obtained from E9.5 wild-type and Med23sn/sn littermate embryos shows a reduction in the levels of Med23, Dkk1, and Ccnd1. (B–E′) Lateral and frontal images of control BATGal and Med23sn/sn;BATGal embryos reveal an increase in WNT signaling in the frontonasal processes at E9.5. The lateral nasal processes, which are usually devoid of active WNT signaling (*, asterisk, control) exhibit positive LacZ staining (WNT activity) in Med23sn/sn embryos (*, asterisk, Med23sn/sn). (B′–E′) are high magnification images of (B–E). Scale bar for (B–E) is 450 um, (B′–E′) is 100 um.




Genetic Modulation of WNT Signaling in Med23sn/sn Embryos Results in Partial Restoration of Cranial Sensory Neuron Differentiation

WNT/β-catenin signaling is well-known for regulating crucial aspects of mammalian embryonic development (Wodarz and Nusse, 1998), and is associated with ectodermal placode formation (Ahn, 2015). WNT/β-catenin signaling requires interaction between Wnt ligands, Frizzled receptors and WNT co-receptors, Lrp5 and Lrp6 that leads to stabilization and nuclear localization of β-catenin (MacDonald et al., 2009). In contrast, Wise (also known as Sostdc1) modulates WNT/β-catenin signaling by binding to WNT agonists, Lrp5 and Lrp6 and WNT antagonist, Lrp4 (Itasaki et al., 2003; Ahn et al., 2013, 2017). We hypothesized that an up-regulation of WNT/β-catenin signaling was responsible for pathogenesis of the Med23sn/sn embryo phenotype and furthermore that genetically modulating WNT signaling might ameliorate the anomalies observed in Med23sn/sn mutant embryos. To test this hypothesis, we bred loss-of-function alleles of Lrp6 and Wise, into the background of Med23sn/sn embryos. In control experiments, we first confirmed that loss of a single allele of Lrp6 or Wise did not affect craniofacial or neuronal development in E10.5 Lrp6+/– and Wise+/– embryos (Supplementary Figures S4A–C). Then we ascertained that Med23sn/sn embryos do not display any gross aberration in Lrp6 or Wise expression (Supplementary Figures S4D–G).

Interestingly, although compound Med23sn/sn;Lrp6+/–, Med23sn/sn;Wise+/– and Med23sn/sn;Lrp6+/–;Wise+/– embryos do not exhibit any gross morphological rescue of craniofacial defects or embryonic lethality (Figures 6A–E), the Med23sn/sn; Lrp6+/–; Wise+/– compound mutants display a partial restoration of cranial ganglia neurogenesis (Figures 6F–K). More specifically, E9.5 Med23sn/sn; Lrp6+/–; Wise+/– embryos exhibit considerable β-tubulin III + staining of the trigeminal (V), facial/vestibulo-acoustic (VII/VIII), glossopharyngeal (IX) and vagal (X) nerves, as well as within the epibranchial region, which is in striking contrast to control, Med23sn/sn littermate embryos that show little to no β-tubulin III staining in the equivalent tissues and regions (Figure 6G). This demonstrates that a reduction in the levels of WNT signaling is sufficient to partially rescue some of the defects in cranial placode neuronal differentiation. In addition, we observed a rescue in the expression of Dkk1 and Ccnd1 transcripts in Med23sn/sn;Lrp6+/–;Wise+/– compared to Med23sn/sn embryos using qPCR (Figure 6L).
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FIGURE 6. Rescue of the Med23sn/sn phenotype by modulating WNT signaling. DAPI stained E9.5 (A) wild-type, (B) Med23sn/sn, (C) Med23sn/sn; Lrp6+/–, (D) Med23sn/sn; Wise+/– and (E) Med23sn/sn; Lrp6+/–; Wise+/– embryos. TuJ1 immunostained (green) E9.5 (F) wild-type (G) Med23sn/sn (H) Med23sn/sn; Lrp6+/–, (I) Med23sn/sn; Wise+/– and (J) Med23sn/sn; Lrp6+/–; Wise+/–, embryos. Combinatorial loss of Lrp6 and Wise restores neuronal differentiation in the epibranchial region of Med23sn/sn embryos. (F′–J′) are higher magnification images of (F–J) focused on the trigeminal ganglia. (K) Quantification of the area of Tuj1 staining in the trigeminal ganglia is shown as a ratio of the length of the embryo for wild-type, Med23sn/sn, Med23sn/sn; Lrp6+/–, Med23sn/sn; Wise+/– and Med23sn/sn; Lrp6+/–; Wise+/– (L) qPCR analysis of cDNA obtained from E9.5 wild-type, Med23sn/sn, Med23sn/sn; Lrp6+/–, Med23sn/sn; Wise+/–, and Med23sn/sn; Lrp6+/–; Wise+/– embryos indicates a significant increase in Ccnd1 and Dkk1 transcripts in Med23sn/sn; Lrp6+/–; Wise+/– embryos compared to WT and Med23sn/sn. Statistical analysis was performed using Students t-test with Med23sn/sn as one of the nominal variables. Scale bars for (A–E) is 300 um, (F–J) is 200 um, (F′–J′) is 50 um. *p < 0.05.




Med23 Is Not Intrinsically Required in Neural Crest Cells or Endothelial Cells During Cranial Ganglia Development

Our analyses point toward a role for Med23 in regulating WNT/β-catenin signaling during cranial placode development, the perturbation of which results in defects in cranial ganglia formation. However, in addition to placode cells, cranial ganglia also receive a major contribution from another ectodermal cell population, the neural crest. Neural crest cells have been shown to be important for proper cranial placode development and neuronal differentiation (Begbie and Graham, 2001). Because Med23 is ubiquitously expressed in all cell types, including neural crest cells, we hypothesized that Med23 might also be required in neural crest cells for proper cranial sensory nervous system development, and that the deficiencies observed in cranial placodogenesis in Med23sn/sn embryos were a secondary consequence of perturbed neural crest cell development. To test this idea, we generated Med23fx/lx animals where exons 12 and 13 of Med23 were flanked by loxP sites. We then conditionally deleted Med23 specifically in neural crest cell progenitors and their descendants using the Wnt1-Cre transgenic line that expresses Cre recombinase in the dorsal neural tube, which encompasses progenitor neural crest cells (Figure 7). Med23fx/fx;Wnt1-Cre embryos survive until postnatal day (P)0 and exhibit micrognathia (Figures 7A,B). However, these embryos do not display any overt defects in facial prominence, pharyngeal arch or in cranial ganglia development at E10.5 (Figures 7C,D), a time-point when Med23sn/sn embryos exhibit severe craniofacial defects, prior to lethality. This is in stark contrast to Med23sn/sn embryos, which display considerable diminishment of neurogenesis in the cranial ganglia (Figure 1). Collectively, this suggests that Med23 is not required in neural crest cells for their contribution to cranial ganglia, which supports our original hypothesis that the predominant role for Med23 in cranial sensory nervous system development lies in regulating WNT/β-catenin signaling during cranial placode maturation and neuronal differentiation, the perturbation of which results in defects in cranial ganglia development.
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FIGURE 7. Conditional deletion of Med23 in neural crest cells. (A,B) Brightfield images of P0 Med23fx/+;Wnt1-Cre and Med23fx/fx;Wnt1-Cre embryos indicate that the mutants exhibit micrognathia. (C,D) TuJ1 staining of E10.5 Med23fx/+;Wnt1-Cre and Med23fx/fx;Wnt1-Cre embryos however revealed proper formation of the cranial ganglia in mutant embryos. Scale bars for (A,B) is 450 um, (C,D) is 375 um.


Mid-gestation lethality, together with abnormal vascular development and diminished growth are recognizable and consistent features of Med23sn/sn embryos relative to control littermates (Figure 1). Because proper vascular network formation and remodeling is critical for embryo survival, we posited that Med23 may be specifically required in endothelial cells for proper neurovascular formation, embryo growth and survival. To test this hypothesis, we conditionally deleted Med23 in endothelial cells beginning around E8.5 with Tek-Cre (Tie2-Cre) (Kisanuki et al., 2001; Proctor et al., 2005). Med23fx/fx;Tek-Cre embryos exhibit embryonic lethality at E16.5 in association with vascular defects including blood hemorrhaging and edema (Figures 8A,B). Surprisingly, Med23fx/fx;Tek-Cre embryos did not exhibit any obvious gross craniofacial, or vascular defects at E10.5 (Figures 8C,D). Therefore, Med23 is not required in endothelial cells for early embryonic survival. Instead, Med23 appears to be required later in mid-gestation for proper vascular development and maintenance, and also for embryo growth and survival.
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FIGURE 8. Conditional deletion of Med23 in endothelial cells. (A,B) Brightfield images of E16.5 Med23fx/+;Tek-Cre and Med23fx/fx;Tek-Cre embryos indicate that the mutant embryos exhibit severe hemorrhaging and edema, probably resulting in lethality. (C,D) Immunostaining for endothelial cells using PECAM1 suggests development in Med23fx/fx;Tek-Cre embryos is normal. Scale bars for (A,B) is 450 um, (C,D) is 300 um.




Med23 Is Required at E6.5 for Embryonic Survival and Growth

To determine the developmental stage at which Med23 is required for embryo growth and survival, we deleted Med23 in a temporal manner using Cre-ERT2 transgenic mice in conjunction with tamoxifen induction. Ubiquitous deletion of Med23 in E8.5 mouse embryos elicits no gross defects in cranial ganglia or vascular development at E10.5, and mutant embryos survive until birth (Supplementary Figure S5). Deletion of Med23 a day earlier at E7.5 results in embryos that are smaller compared to controls. However, the cranial ganglia and vascular network appear to be properly formed and patterned by E10.5 (Supplementary Figure S6). In contrast tamoxifen gavage at E5.5, leading to Med23 deletion by E6.5 results in defects in both cranial ganglia as well as vascular development (Figures 9C–F). Furthermore, these embryos die by E10.5 similar to Med23sn/sn mutants (Figure 9). This indicates that Med23 is critically required by E6.5 for normal cranial ganglia and vascular network formation and patterning along with mouse embryo growth, development and survival.
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FIGURE 9. Temporal systemic deletion of Med23 at E6.5 phenocopies Med23sn/sn embryos. (A,B) Med2fx/fx;Cre-ERT2 embryos treated with tamoxifen at E5.5 are small in size compared to Med2fx/+;Cre-ERT2 embryos. These embryos also display a shortened frontonasal prominence similar to Med23sn/sn embryos. (C,D) TuJ1 staining revealed severely hypoplastic cranial as well as vagal ganglia in Med2fx/fx;Cre-ERT2 embryos. (E,F) PECAM1 staining revealed that endothelial cells are disorganized in the Med2fx/fx;Cre-ERT2 embryos compared to control Med2fx/+;Cre-ERT2 embryos. Scale bars for (A,B) is 250 um, (C,D) is 375 um, (E,F) is 300 um.




DISCUSSION

Mediator is a multi-protein complex that has been identified in eukaryotic organisms, from yeast to human (Conaway et al., 2005), and which transmits information from transcription factors to RNA polymerase II (Pol II) to regulate transcription. Med23 and some other subunits of the Mediator complex, are however a metazoan innovation (Malik and Roeder, 2000), and their appearance coincides with the evolution of multi-cellular and multi-tissue complex organisms whose embryonic development requires precise control of cell specification, commitment and differentiation.

The cranial ganglia and their associated 12 sensory-motor nerves are vital for proper functioning of the head, face and neck in adult animals. Their development is governed by the reiterated use of key signaling pathways including WNT signaling (Lassiter et al., 2014; Saint-Jeannet and Moody, 2014; Singh and Groves, 2016). In this study, we describe a novel role for the mediator subunit Med23 in craniofacial and cranial ganglia development. More specifically we show that Med23 is essential for embryonic growth and survival and, also that it regulates canonical WNT signaling during cranial placode development, the perturbation of which results in defects in sensory neuron differentiation in the trigeminal and epibranchial ganglia.

Neurons within the trigeminal ganglion are of a dual neural crest or cranial placode origin. In contrast, neurons in the distal epibranchial ganglia are derived from placode cells, while the neural crest cells primarily form glia. Although the origin and development of sensory neurons within the cranial ganglia have been well-described, our understanding of how placodal ectoderm cells are induced to differentiate into sensory neurons during cranial ganglia formation, and the molecular mechanisms that direct this process are not fully understood.

In the absence of Med23, Ngn1, Ngn2, and NeuroD1 positive cells are diminished or absent in the trigeminal and epibranchial regions of Med23sn/sn embryos. This illustrates an important role for Med23 specifically in cranial placode sensory neuron differentiation (Figure 10). Cellular interactions between neural crest cells and placode cells are essential for proper cranial nerve patterning (Shiau et al., 2008; Freter et al., 2013; Theveneau et al., 2013), however, the conditional deletion of Med23 specifically in neural crest cells did not result in defects in cranial ganglia development in Med23fx/fx;Wnt1-Cre conditional mutant embryos. This argues against an intrinsic role for Med23 in neural crest cells during their differentiation into trigeminal neurons. However, we cannot completely rule out the possibility that the loss of placode derived neurons within the trigeminal ganglion of Med23sn/sn embryos secondarily influences the neurogenic differentiation of neural crest cells that populate the trigeminal ganglion. Nonetheless, our data collectively supports a primary role for Med23 in placode cells during cranial sensory neuron differentiation.
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FIGURE 10. Model for Med23-mediated regulation of cranial placode development. In wild-type embryos, placode precursors express Six and Eya genes. Their subsequent expression of different Pax genes defines them as placode specific progenitor cells. Some of these cells then express Ngn1 and Ngn2 thus becoming neural progenitor cells. Ngn1 and Ngn2 regulate the expression of NeuroD1 which then defines these cells as neural precursors. However, in Med23sn/sn embryos, placode precursors exhibit reduced Eya2 expression, and although Pax genes are similarly expressed in Med23sn/sn embryos as they are in wild-type embryos, Ngn1, Ngn2, and NeuroD1 are downregulated. Collectively, this reduces the number of neural precursors resulting in defects in cranial ganglia development in Med23sn/sn embryos.


Currently, the role of distinct Mediator subunits in general transcription versus transcription stimulated by specific signaling pathways is poorly understood. However, our transcriptome analyses of Med23sn/sn embryos demonstrated that loss of Med23 resulted in an enhancement of WNT signaling. Furthermore, we showed that the regulation of canonical WNT signaling by Med23 is required to initiate and/or maintain the cascade of neurogenic differentiation in the trigeminal and epibranchial placodal regions. Consistent with this observation, we demonstrated that genetically modulating WNT signaling could partially ameliorate the defects in cranial ganglia development in Med23sn/sn embryos. Our work therefore has uncovered an important link between the Mediator complex and WNT signaling which integrates the general transcription co-factor machinery with modulation of a major highly conserved signaling pathway important in development, tissue homeostasis and disease.

Interestingly, a similar enhancement in WNT signaling was observed in zebrafish embryos in response to Med10, Med12 or Med13 loss-of-function (Lin et al., 2007). Taken together with our Med23 loss-of-function results, this collectively illustrates the important roles that Mediator and its subunits play in transducing WNT signaling during embryogenesis. However, the role of Med23 and other Mediator subunits, and their effects are context dependent. For example, our results indicate that Med23 promotes cranial placode sensory neuron differentiation through inhibition of WNT signaling. In contrast, Med23 inhibits primitive neural determination of murine embryonic stem cells via the activation of BMP signaling (Zhu et al., 2015). Cross-talk between WNT and BMP signaling has been implicated in many biological events during embryogenesis including neural development, and Wise has been shown to modulate both WNT and BMP signaling (Itasaki et al., 2003). Furthermore, Wise modulates WNT signaling through an interaction with the WNT co-receptor LRP6 (Guidato and Itasaki, 2007; Lintern et al., 2009). This is important because we demonstrated that the defects in cranial sensory neuron differentiation observed in the trigeminal and epibranchial ganglia of Med23sn/sn embryos can be ameliorated through combined allelic loss of Wise and Lrp6.

Wise has also been reported to promote the coalescence of placode cells and neural crest cells during formation and differentiation of the cranial ganglia (Shigetani et al., 2008) and it is interesting to note that despite partial restoration of cranial ganglia sensory neuron differentiation in Med23sn/sn;Wise+/– and Med23sn/sn;Lrp6+/– embryos, the sensory neurons were diffusely and incompletely organized into trigeminal and epibranchial ganglia. Although the defects in cranial ganglia sensory neuron differentiation appear to be primarily associated with perturbation of WNT signaling, we cannot rule out an additional role for Med23 in modulating BMP during cranial placode neurogenesis. However, our transcriptome analyses of Med23sn/sn embryos did not reveal mis-regulation of Bmp4 itself or characteristic downstream targets of BMP signaling.

A key question that emerges from our work is how a ubiquitously expressed transcriptional co-factor subunit can play tissue specific differentiation roles during embryogenesis. A number of Mediator subunits have previously been shown to exhibit tissue specific roles or effects (Yin and Wang, 2014), and one possibility is that the composition of the Mediator complex may be quite dynamic and comprise a different number and combination of subunits at different times and in different tissues during embryogenesis and adult homeostasis. This hypothesis assumes that the subunits that are required for core Mediator functionality (e.g., Pol II binding) are always present within the complex, while others, that perhaps exist in the tail of Mediator such as Med23, are only present at specific times or in specific tissues. Med23 loss-of-function in mouse embryos does not disrupt preimplantation development or germ layer specification during gastrulation, when WNT signaling through the Lrp5 and Lrp6 co-receptors is known to be required (Kelly et al., 2004). Hence Med23 does not uniformly impact levels of WNT signaling in all contexts where it is expressed. It is only around E9.5 that developmental anomalies become apparent in Med23sn/sn embryos. We propose therefore that Med23 may be dynamically required for the regulation of specific genes in specific cells and that there is some degree of context-dependence in its ability to exert its regulatory activity. In support of this idea, the response of transcription factors such as Egr1 to Med23 loss-of-function is different in embryonic stem cells versus fibroblasts (Balamotis et al., 2009).

A precedent for the differential and dynamic role of Med23 exists with respect to adipocyte and smooth muscle cells (Yin et al., 2012), in osteoblast differentiation and bone development (Liu et al., 2016), in melanocytes (Xia et al., 2017) and in invariant natural killer T cells (Xu et al., 2018). More specifically, Med23 has been shown to directly interact with the ETS1 family member, phospho-Elk1, which is central to the transcriptional activation of Egr2 during adipocyte differentiation (Wang et al., 2009). In addition, MED23 favors ELK1-SRF binding to smooth muscle cell gene promoters to repress gene activity, whereas the absence of MED23 promotes MAL-SRF binding to smooth muscle cell gene promoters resulting in gene activation. Med23 also binds to Runx2 and co-operates with Runx2 to promote osteoblast differentiation (Liu et al., 2016). Lastly, Med23 loss-of-function in thymocytes blocks invariant natural killer cell development by regulating the expression of c-Jun (Xu et al., 2018). Taken together with our data, this highlights the context-dependent nature and importance of Med 23 – transcription factor interactions during development.

Our analysis of Med23 expression during murine embryogenesis revealed that Med23 is ubiquitously expressed (Figure 2). This combined with the relatively late onset of a developmental phenotype in Med23sn/sn embryos at around E9.5, is suggestive of functional redundancy among the Mediator subunits, and interestingly, knockouts of currently known Med23 binding partners do not recapitulate the phenotype of Med23sn/sn embryos (Screpanti et al., 1996; Cesari et al., 2004; Oqani et al., 2016). This implies the existence of other as yet unknown Med23 binding partners, the interactions of which are likely crucial for eliciting Med23’s role in regulating WNT signaling during sensory neuron differentiation in the trigeminal and epibranchial placodes.

Med23 has been shown to be important for gene expression and tissue development in C. elegans, Drosophila, zebrafish and mouse embryos (Singh and Han, 1995; Stevens et al., 2002; Kim and Lis, 2005; Wang et al., 2005, 2009; Yin and Wang, 2014; Liu et al., 2016), and interestingly, mutations in MED23 in humans have been linked to intellectual disability, microcephaly and cardiovascular anomalies together with overall growth retardation defects (Lüneburg et al., 2014; Lionel et al., 2016; Hashemi-Gorji et al., 2019). Our work on Med23sn/sn embryos has uncovered a previously unexplored role for Med23-containing Mediator in craniofacial and cranial ganglia development and it is tempting to speculate that a similar effect on WNT signaling and neuronal development may contribute to the pathogenesis of the neurological phenotypes observed in humans.

Protein binding studies have shown that the Mediator complex, through its various subunit interactions, acts as a hub for integrating cellular signaling cascades, transcription factors and the RNA Pol II machinery (Poss et al., 2013; Yin and Wang, 2014). Mediator regulates various transcriptional processes, including, but not limited to, the assembly of the pre-initiation complex (PIC) at the transcription initiation site, transcript elongation and termination, mRNA processing, and chromatin architecture. Furthermore, the differential interaction of specific mediator subunits with distinct transcription factors is critical to Mediator function. Potentially, a single transcription factor or activator can interact with multiple Mediator-binding sites and thus activate transcription from the same promoter differently in distinct cell types depending on which contacts are made. For example, the transcriptional activator Gcn4 binds to a Mediator subcomplex consisting of MED2, MED3, and MED15 (Park et al., 2000; Zhang et al., 2004). In contrast, the mammalian glucocorticoid receptor interacts with a distinct set of Mediator subunits including MED1 (Chen and Roeder, 2007), MED14 (Chen et al., 2006), and MED15 (Kim et al., 2008). Similar differential and dynamic roles for other Mediator subunits such as Med26 or the Mediator associated sub-complex CDK8, have also been reported (Yin and Wang, 2014). As might be expected from its central role in transcription regulation, Mediator and its subunits are crucial for gene expression and cellular differentiation during embryonic development. Consequently, it will be interesting in the future to determine the stoichiometric composition of subunits of Mediator, together with their compete repertoire of subunit-transcription factor interactions as well DNA-binding capabilities within various cell types and tissues and at different times, to understand their relative importance in embryo development and adult homeostasis.
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Supplementary Figure 1 | Med23bgeo/bgeo embryos exhibit developmental delay. (A) Generation of the Med23bgeo allele (B,C) DAPI stained E9.5 control and Med23bgeo/bgeo littermate embryos reveal developmental delay in Med23bgeo/bgeo embryos, in concert with a failure to undergo axial turning. Scale bar is 100 um.

Supplementary Figure 2 | Complementation cross indicates snouty is a null allele of Med23. Wild-type (A,C,E) and Med23bgeo/sn (B,D,F) littermate embryos stained with DAPI (A,B), immunostained with TuJ1 (C,D), or PECAM1 (E,F). Morphological, neural and vascular defects in Med23bgeo/sn embryos are similar to Med23sn/sn embryos suggesting that snouty is likely a null allele of Med23. Scale bar is 100 um.

Supplementary Figure 3 | Placental development is not affected in Med23sn/sn embryos. (A–D) Wild-type and Med23sn/sn placentas sectioned along two separate planes and stained with hematoxylin and eosin shows that the trophoblast and allantois layers are appropriately formed in both wild-type and Med23sn/sn placenta. The dotted line denotes the separation of the maternal decidua to the placenta. MD, maternal deciduas; T, trophoblast; AL, allantois. Scale bar for (A,C) is 200 um and (B–D) and 150 um.

Supplementary Figure 4 | Peripheral nervous system formation is not affected by loss of one copy of Lrp6 or Wise. (A–C) TuJ1 immunostaining of E9.5 Lrp6+/– and Wise+/– embryos revealed proper formation of the cranial and trunk peripheral nervous systems, as well as midbrain neuron differentiation. (D,E) Intercrossing the Lrp6lacZ mouse line demonstrated that E9.5 wild-type and Med23sn/sn embryos display similar Lrp6 expression as evidenced by X-gal staining. (F,G) Intercrossing the WiselacZ mouse line demonstrated that wild-type and Med23sn/sn embryos display similar patterns of Wise activity as evidenced by X-gal staining. Scale bar is 300 um.

Supplementary Figure 5 | Temporal systemic deletion of Med23 at E8.5 does not affect cranial ganglia development. (A,B) Med2fx/fx;Cre-ERT2 embryos treated with tamoxifen at E7.5 survive until P0 with no discernable defects. (C,D) TuJ1 staining indicates proper patterning of cranial ganglia in Med2fx/fx;Cre-ERT2 embryos. (E,F) PECAM1 staining reveals that endothelial cells are properly formed and organized into networks in Med2fx/fx;Cre-ERT2 embryos compared to Med2fx/+;Cre-ERT2 controls. Scale bar for (A,B) is 500 um, (C,D) is 375 um, (C–F) is 300 um.

Supplementary Figure 6 | Temporal systemic deletion of Med23 at E7.5 leads to a mild cranial ganglia patterning defects. (A,B) Med2fx/fx;Cre-ERT2 embryos treated with tamoxifen at E6.5 survive until E15.5. However, at E14.5, they are smaller in size compared to Med2fx/+;Cre-ERT2 embryos. (C,D) TuJ1 staining revealed mild patterning defects in the cranial ganglia of Med2fx/fx;Cre-ERT2 embryos. (E,F) PECAM1 staining showed that endothelial cells are unaffected in Med2fx/fx;Cre-ERT2 embryos compared to Med2fx/+;Cre-ERT2 controls. Scale bar for (A,B) is 500 um, (C,D) is 375 um, (C–F) is 300 um.

Supplementary Figure 7 | Pathway analysis of genes differentially regulated in Med23sn/sn embryos compared to wild-type. Cytoscape network plot of results from Ingenuity Pathway Analysis illustrating the association of the canonical WNT/β-catenin signaling pathway with the differential expression of multiple genes in Med23sn/sn embryos compared to controls.

Supplementary Table 1 | Examples of genes with downregulated expression in Med23sn/sn embryos compared to wild-type littermate controls.

Supplementary Table 2 | List of genes differentially regulated in Med23sn/sn embryos compared to wild-type with p < 0.01.


FOOTNOTES

1https://microarray.org/sfgf/meebo.do

2https://www.ncbi.nlm.nih.gov/geo/query/acc.cgi?acc=GSE144327
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Neural crest (NC) cells are multipotent embryonic cells that form melanocytes, craniofacial bone and cartilage, and the peripheral nervous system in vertebrates. NC cells express many cadherin proteins, which control their specification, epithelial to mesenchymal transition (EMT), migration, and mesenchymal to epithelial transition. Abnormal NC development leads to congenital defects including craniofacial clefts as well as NC-derived cancers. Here, we identify the role of the type II cadherin protein, Cadherin-11 (CDH11), in early chicken NC development. CDH11 is known to play a role in NC cell migration in amphibian embryos as well as cell survival, proliferation, and migration in cancer cells. It has also been linked to the complex neurocristopathy disorder, Elsahy-Waters Syndrome, in humans. In this study, we knocked down CDH11 translation at the onset of its expression in the NC domain during NC induction. Loss of CDH11 led to a reduction of bonafide NC cells in the dorsal neural tube combined with defects in cell survival and migration. Loss of CDH11 increased p53-mediated programmed-cell death, and blocking the p53 pathway rescued the NC phenotype. Our findings reveal an early requirement for CDH11 in NC development and demonstrated the complexity of the mechanisms that regulate NC development, where a single cell-cell adhesion protein simultaneous controls multiple essential cellular functions to ensure proper specification, survival, and transition to a migratory phase in the dorsal neural tube. Our findings may also increase our understanding of early cadherin-related NC developmental defects.
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INTRODUCTION

Cadherin proteins are calcium dependent cell-cell adhesion molecules, which are essential for the development and maintenance of embryonic tissues (Giger and David, 2017; Taneyhill and Schiffmacher, 2017). Cadherins are single pass transmembrane proteins that contain a calcium-binding extracellular domain as well as a cytoplasmic domain which links with three catenin family proteins (α, β, and p120) and the actin cytoskeleton (Gul et al., 2017). Classical cadherins are divided into types I and II. Type I cadherins include epithelial cadherin (E-cadherin/CDH1) and neural cadherin (N-cadherin/CDH2) among others, which have been implicated in both central nervous system (CNS) development in chick and zebrafish embryos (Dady et al., 2012; Miyamoto et al., 2015), and neural crest (NC) specification and the epithelial to mesenchymal transition (EMT) in frog, fish, and chicks (Piloto and Schilling, 2010; Rogers et al., 2013, 2018; Huang et al., 2016). Type II cadherins include Cadherin 7 (CDH7), Cadherin 11 (Osteoblast-cadherin/CDH11), and Cadherin-6B (CDH6), which have been linked to CNS patterning, NC cell delamination, EMT, and migration during embryonic development (Taneyhill et al., 2007; Liu et al., 2008; Kashef et al., 2009; Schiffmacher et al., 2014, 2016). With varied timing and onset of protein expression, the regulation and function of cadherin proteins is clearly important for normal development of the CNS, NC cells, and NC derivatives.

Here, we focus on identifying the role of Cadherin-11 (CDH11) during early avian embryogenesis. CDH11 has been identified as a Wnt signaling target and effector in developmental and disease systems (Hadeball et al., 1998; Chalpe et al., 2010; Satriyo et al., 2019). Originally defined as a mesenchymal marker with no expression in the undifferentiated neural tube in mouse embryos (Hoffmann and Balling, 1995), the transcript was subsequently reported in developing mouse neuroepithelia (Kimura et al., 1995, 1996), as well as migratory NC cells in chick and frog embryos (Vallin et al., 1998; Borchers et al., 2001; Chalpe et al., 2010). It has been identified as a major regulator of NC migration in Xenopus embryos (Vallin et al., 1998; Kashef et al., 2009; Abbruzzese et al., 2016; Langhe et al., 2016) and has been linked to tumor growth, cell survival, and EMT in disease models (Yoshioka et al., 2015; Piao et al., 2016; Row et al., 2016). Both reduced and increased levels of CDH11 are linked to patient survival and reduced metastasis in numerous cancers; however, its role is contrasting in different cancer cell types (Carmona et al., 2012; Lee et al., 2013). Specifically, high levels of CDH11 expression have been linked to poor prognosis in gastric cancer and triple-negative breast cancer (Chen et al., 2018; Satriyo et al., 2019), yet it maintains a pro-apoptotic tumor suppressor role in others (Marchong et al., 2010; Li et al., 2012). Although studies have linked CDH11 to NC migration its role in NC induction, specification, maintenance, or survival during premigratory stages has not been studied.

NC cells are a vertebrate-specific population of stem-like cells that form craniofacial bone, cartilage, pigment cells, and the peripheral and enteric nervous systems (Hutchins et al., 2018; Rogers and Nie, 2018). In avian embryos, NC cells begin as tightly adherent neuroepithelial cells in the dorsal neural tube. By going through an EMT, which is controlled by alterations in the expression of type I and II cadherin proteins (Taneyhill et al., 2007; Rogers et al., 2013; Scarpa et al., 2015), the NC cells detach from each other and the basal lamina and gain the ability to migrate. Abnormal NC development can cause congenital defects known as neurocristopathies, which include cleft palate, craniofacial abnormalities, albinism, and defects in the enteric and peripheral nervous systems among others (Reissmann and Ludwig, 2013; Lopez et al., 2018). Bi-allelic mutations in CDH11 have specifically been linked to Elsahy-Waters syndrome, which is a combination of abnormal craniofacial developmental morphologies including those likely induced by neurocristopathies (Harms et al., 2018). The processes of NC specification and EMT are tightly regulated at multiple levels by signaling molecules (Bhattacharya et al., 2018), epigenetic modifiers (Hu et al., 2012), transcription factors (Simoes-Costa et al., 2015), and adhesion molecules (Abbruzzese et al., 2016; Schiffmacher et al., 2016; Rogers et al., 2018) to prevent developmental defects. Previous studies showed that perturbation of factors involved in this process can directly affect the formation and migratory ability of NC cells. Studies also identified links between cadherin proteins and NC cell migration and differentiation; however, there is little known about how type I or II cadherin proteins regulate premigratory NC development. Our study focuses on the role of CDH11 during the time point it first emerges in the NC domain in the dorsal neural tube. We thoroughly define the spatiotemporal localization of CDH11 in the neural plate and neural tube as well as in the pre‐ and post-migratory NC cells in the chick embryo during early stages Hamburger Hamilton (HH) stages 4–12. Loss of CDH11 expression reduces the premigratory NC population marked by PAX7, SOX9, SNAI2, and SOX10, and increases membrane-associated CDH1, F-actin, p53 and p53-mediated apoptosis in the presumptive NC regions. Our results indicate that the upregulation of CDH11 in the dorsal neural tube prior to NC migration is necessary for NC cell specification, survival, EMT, and migration.



RESULTS


CDH11 Expression Starts in the Neural Tube Prior to NC Cell Formation

CDH11 function has been extensively examined during NC migration and EMT in amphibian embryos (Hadeball et al., 1998; Vallin et al., 1998; Borchers et al., 2001; Kashef et al., 2009; McCusker et al., 2009; Koehler et al., 2013; Abbruzzese et al., 2016), but less is known about its endogenous expression and role in amniotes, which encouraged us to begin by examining the spatiotemporal expression pattern of the CDH11 protein in the chicken embryo. First, protein lysate was collected at multiple developmental stages (HH4–6, HH8–10, and HH11–12) and western blot analysis was used to define the relevant stages. To test the antibody reactivity across species, we also used lysate from tailbud stage Ambystoma mexicanum (axolotl) whole embryos. Two antibodies against CDH11 were tested: a previously verified monoclonal mouse antibody against recombinant intracellular peptide of human CDH11 (Chalpe et al., 2010) and a rabbit polyclonal antibody directed against human CDH11 used previously in mouse tissue (Chang et al., 2017; Supplementary Figure S1A). The mouse antibody identified three bands (potentially different isoforms or posttranslationally modified versions of CDH11) between the sizes of 110–135 kD while the rabbit antibody identified only the mid-sized band and did not recognize axolotl CDH11. Further, the mouse antibody bound to an antigen in the non-neural ectoderm (Supplementary Figures S1B–E’, white arrow). Both antibodies show that CDH11 protein is expressed by stages HH4–6 through HH11–12 in chicken (Supplementary Figures S1A–M’). It is likely that the mouse antibody recognizes three versions of CDH11 (pro-, active full-length, cleaved) previously reported in Xenopus based on the absence of the smallest band from the early premigratory stages (McCusker et al., 2009). We also performed whole mount IHC using both antibodies, and although their expression profiles were similar in whole mount (Supplementary Figures S1B–M), in section, the mouse antibody also bound to an epitope localized in non-neural ectoderm (Supplementary Figures S1C’–E’, arrows). Due to its specificity, we chose to use the rabbit antibody for the rest of our experiments. We also verified specificity of the antibody by performing CDH11 loss and gain of function experiments and visualizing reduction or exogenous expression of the protein in whole mount (Supplementary Figures S2A–D,H–J, S3) and transverse sections (Supplementary Figures S2E–G,K–M, S3).

To characterize the spatiotemporal localization of CDH11 in early avian development, we performed IHC using anti-CDH11 in conjunction with previously characterized markers of NC cells (PAX7 and HNK1; Del Barrio and Nieto, 2004; Basch et al., 2006). The results identify CDH11 expression in the neural plate of 1 somite stage (SS) embryos at HH7 (Figures 1A–D,A’–D’, Supplementary Figures S1F–M’), but is expressed at much lower levels in the neural plate border, which expresses PAX7 and CDH1 as NC cells are being induced (Figures 1B–D,B’–D’). As the neural tube begins to fuse at 5 SS (HH8). CDH11 expression is maintained throughout the neural tube, co-localizing with dorsal cells expressing CDH1 (Figures 1E–H,E’–H’). CDH11 expression starts to emerge in a subset of PAX7-positive cells in the dorsal neural tube (Figures 1I–L,I’–L’, Supplementary Figures S1H–M). At 7 SS (HH9), as NC cells begin to delaminate and undergo EMT, CDH11 is upregulated in the most proximal PAX7-positive cells (Figures 1M–P,M’–P’). As HNK1 expression begins in the early migrating NC cells, the leading cells co-express CDH11 (Figures 1O,P,O’,P’). In 9 SS (late HH9) embryos, as NC cells begin to migrate away from the midline, and all migratory cells are positive for both CDH11 and PAX7 (Figures 1Q-T,Q’–T’), while the most lateral cells express HNK1 (Figures 1S,T). Focusing on CDH11-postive cells at 7 SS (Figure 1M’) and 9 SS (Figure 1Q’) shows that CDH11 appears membrane-localized as NC cells collectively migrate out of the neural tube. At 15 SS (HH11), CDH11 remains in the neural tube and the migratory NC cells, co-localizing with PAX7 (Figures 1U–X,U’–X’); however, the cellular localization in later migratory NC appears more punctate (Figures 1Q’–T’). Our results support previous studies in frog by demonstrating the endogenous expression of CDH11 in migrating chick NC cells (McCusker et al., 2009; Abbruzzese et al., 2016; Mathavan et al., 2017). These data confirm that CDH11 is expressed during NC cell EMT and migration, but introduce novel expression in epithelial premigratory NC cells suggesting that CDH11 may play an earlier role in NC development.
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FIGURE 1. CDH11 expression in NC cells starts during specification stages. (A–X’) Immunohistochemistry (IHC) using antibodies against CDH11 (yellow), PAX7 (pink) to mark NC cells and neural plate border, CDH1 (green) to mark cell-cell junctions and epithelial tissues, and HNK1 (blue) to mark migratory NC cells as well as parts of the endoderm, mesoderm, and notochord, or stained with DAPI (blue) to mark nuclei. At (A–D’) HH7[1 somite stage (SS)], when NC are induced at the neural plate border, CDH11 is expressed in the neural plate/tube, but is only expressed in a subset of border cells with PAX7. Examples of cells positive for both PAX7 and CDH11 are marked with pink arrows. (E-H’, I-L’) At HH8 (5 SS), CDH11 co-localizes with CDH1 in the developing neural tube. Black arrow marks cell in premigratory NC region positive for CDH11. (M–P’) At HH9 (7 SS) is strongly upregulated in the premigratory NC cells marked by PAX7 and early migrating NC cells marked by HNK1. (Q-T’) At late HH9 (9 SS) expression is maintained in the NC cells undergoing EMT and migrating out of the neural tube. (U–X’) At HH11 (15 SS), CDH11 expression is weaker in the neural tube and is maintained in the migratory NC cells marked by PAX7. Dashed boxes indicate zoom regions depicted by grayscale images. Scale bars as indicated in first row.




CDH11 Is Necessary for NC Cell Population Maintenance During Specification

Next, to understand the stage at which CDH11 is necessary for NC cell development, and to determine whether CDH11 was required for induction, specification, or maintenance of the NC population, in addition to its role in migration, a time-course experiment was performed. We used a translation-blocking CDH11MO, which effectively reduced CDH11 fluorescence intensity on the injected side of the embryo compared to the uninjected side by approximately 50% (Supplementary Figures S2A–G, S3). CDH11 expression was inhibited at gastrula stage (HH4), prior to the expression of the neural plate border marker, PAX7. After injection, embryos were collected at stages HH5 and HH7 and IHC for PAX7 was performed. We next counted the number of PAX7-positive cells and measured fluorescence intensity on the morpholino-injected side compared to the uninjected side. As expected, at NC induction and early specification stages prior to the onset of CDH11 expression upregulation (HH5‐ HH8-), the number of PAX7-positive NC progenitors in the neural plate border was unchanged (Figures 2A–B’,I, n = 14, p = 0.94). In contrast, at 5 SS (HH8), when CDH11 expression emerges in the dorsal neural tube, the number of PAX7-positive NC cells was reduced by 40% (Figures 2C–D’, n = 19, p = 0.0005). At 10 SS (HH10), there continued to be 35% less PAX7-positive cells on the CDH11MO-injected side, suggesting that the NC cells did not recover prior to migration (Figures 2E–F’,I, n = 7, p = 0.01). Embryos injected with a non-specific control morpholino (ContMO), did not exhibit significant differences in the number of PAX7-positive cells between the injected and uninjected sides (Figures 2G–H’, n = 14, p = 0.74). We additionally assessed the changes in fluorescence intensity at each stage after CDH11 knockdown and although the fluorescence was reduced in the injected vs. uninjected sides, due to variability in the NC population responses to CDH11MO, the changes in fluorescence were not significant (Figure 2K, p > 0.05). Taken together, loss of CDH11 significantly reduced PAX7+ NC cells after induction during the stages at which NC specifier genes and proteins are normally upregulated suggesting a role for CDH11 specifically in NC specification or maintenance in preparation for EMT, prior to its role in NC migration.
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FIGURE 2. CDH11 is required for NC cell population specification. Embryos were injected at HH4 and collected at multiple stages to analyze NC progenitor marker, PAX7. (A-F’) IHC for PAX7 on embryos injected with CDH11MO and collected between 3 SS and 10 SS. (G–H’) IHC for Pax7 in embryo injected with ContMO and collected at 6 SS. (I,J) Actual PAX7+ cell counts of uninjected and morpholino-injected sides. (K) Corrected total cell fluorescence of PAX7 expression in section images injected with either CDH11MO or ContMO. (A) Whole mount IHC for PAX7 in HH8‐ (3 SS) embryo with (B) overlay with CDH11MO (green). (A’,B’) Transverse section of (A,B) with PAX7-positive NC cells circled. Mean number of cells at HH8‐ is 21.43 on uninjected and 21.14 on CDH11MO-injected side, p = 0.94, n = 14. (C) Whole mount IHC for PAX7 in HH8 embryo with (C) overlay with CDH11MO (green). (C’,D’) Transverse section of (C,D) with PAX7-positive NC cells boxed. Mean number of cells at HH8 is 49.53 on uninjected and 29.89 on CDH11MO-injected side, p = 0.0005, n = 19. (E) Whole mount IHC for PAX7 in HH10 embryo with (F) overlay with CDH11MO (green). (F’) Transverse section of (F) with PAX7-positive NC cells. Mean number of cells at HH10 is 56.00 on uninjected and 36.57 on CDH11MO-injected side, p = 0.01, n = 7. (G) Whole mount IHC for PAX7 in HH8 embryo with (H) overlay with ContMO (green). (G’,H’) Transverse sections of (G,H) with PAX7-positive NC cells circled. Mean number of cells on uninjected side is 35.8 and on ContMO-injected side is 34.4, p = 0.74, n = 14. Dashed boxes were drawn around NC cell population from uninjected side and are mirrored on injected sides to demonstrate changes in the NC cell population density. At 5 SS the NC cell population is less dense in the CDH11MO-side compared to uninjected when compared to 3 SS and ContMO-injected embryos. (K,L) Fluorescence intensity calculated using NIH ImageJ (see methods) from HH5 (n = 8, p = 0.57), HH8 (N = 11, p = 0.11), HH9 (n = 8, p = 0.17), HH10 (n = 7, p = 0.46), and ContMO HH8–9 (n = 12, p = 0.34). Scale bars are as marked (100 μm for whole mount and 50 μm for sections). Anterior to top in all whole mount images, dorsal to top in all sections. Loss of CDH11 reduces the PAX7-positive NC cell population after induction (I, HH5-3SS) and at a point between specification and determination (5 SS).




Loss of CDH11 Reduces Expression of NC Specifiers SNAI2, SOX9, and SOX10

As reported by multiple groups, in the NC gene regulatory network (GRN) the factors in the neural plate border (i.e., PAX7, PAX3) drive the expression of bonafide NC markers (SNAI2, SOX9, SOX10, etc.) as neurulation proceeds (Basch et al., 2006; Plouhinec et al., 2014; Williams et al., 2019). These factors are then responsible for altering the expression of specific cadherin proteins and allowing for NC cell EMT and migration (Taneyhill et al., 2007; Huang et al., 2016; Taneyhill and Schiffmacher, 2017). To determine if loss of CDH11 universally reduced the NC cell population by reducing definitive NC cells, embryos were unilaterally injected with CDH11MO, electroporated at HH4, and IHC was used to detect bonafide NC cell markers (SOX9, SNAI2, SOX10) at HH8–9 (5 SS to 7 SS). Loss of CDH11 significantly reduced SOX9-postive NC cells by 41% (Figures 3A–C, n = 11, p = 0.04). SNAI2-positive cells were reduced by 34% (Figures 3D–F, n = 16, p = 0.001) and SOX10-positive NC cells were reduced by 41.7% (Figures 3G–I, n = 19, p = 0.01). We next knocked down CDH11 and performed IHC for PAX7, SOX9, and SOX10 in the same embryos to confirm that the loss of CDH11 was affecting both NC cell progenitors and the premigratory bonafide NC population. We identified that both cell populations were reduced in the absence of CDH11 (Figures 3J–M’, n = 8/9). Finally, we wanted to determine if the CDH11-knockdown phenotype was NC-specific or if loss of CDH11 affected all ectodermal derivatives. Therefore, we analyzed the expression of SOX2, a neural tube progenitor marker, which was unaffected in the CDH11MO-innjected side compared to the UI-side (Figures 3N–P, n = 5, p = 0.9).
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FIGURE 3. Loss of CDH11 reduces definitive NC cells. To determine if loss of CDH11 affected neural progenitors and definitive NC cells in addition to NC progenitors, embryos were injected with CDH11MO or ContMO and electroporated, and IHC was performed for definitive NC cells (SOX9, SNAI2, SOX10) and neural progenitors (SOX2). (A) IHC for SOX9 in transverse section from HH8 embryo with (B) overlay with CDH11MO (green). (C) Graph showing difference between uninjected and CDH11MO-injected sides. Mean number of SOX9+ cells is 20.34 on uninjected and 11.85 on CDH11MO-injected side, p = 0.04, n = 11. (D) IHC for SNAI2 in transverse section from HH9 embryo with (E) overlay with CDH11MO (green). (F) Graph showing difference between uninjected and CDH11MO-injected sides. Mean number of SNAI2+ cells is 22.75 on uninjected and 13.75 on CDH11MO-injected side, p = 0.001, n = 16. (G) IHC for SOX10 in transverse section from HH8 embryo with (H) overlay with CDH11MO (green). (I) Graph showing difference between uninjected and CDH11MO-injected sides. Mean number of SOX10+ cells is 20.35 on uninjected and 11.87 on CDH11MO-injected side, p = 0.01, n = 18. (J–M’) Overlay from the same embryo to demonstrate reduction in NC progenitors (PAX7) and definitive NC cells (SOX9, SOX10) after CDH11 MO-injection (n = 8/9 embryos with reduced cells). (N) IHC for SOX2 in transverse section from HH8 embryo with (O) overlay with CDH11MO (green). (P) Graph showing difference between uninjected and CDH11MO-injected sides. Mean number of SOX2+ cells is 80.20 on uninjected and 79.50 on CDH11MO-injected side, p = 0.90, n = 5. All graphs show mean (indicated on graph) and median (line within graph). Scale bar for (A,B,D,E,G,H,N,O) indicated in (A) and scale bar for (J-M’) indicated in (J). Reducing CDH11 significantly reduces the entire population of premigratory NC cells without affecting the SOX2-positive neural tube progenitors.


The loss of CDH11 thus reduces the amount of progenitors and definitive NC cells prior to NC cell migration. However, each NC specifier protein drives specific programs with regards to NC cell development. SNAI2 inhibits Cdh6B and Cdh1 expression to drive cell migration (Taneyhill et al., 2007; Tien et al., 2015) and it is also linked to the inhibition of apoptotic activity in NC cells (Tribulo et al., 2004), while the SOXE proteins, SOX9 and SOX10 are linked with the progression of NC cell migration (Cheung and Briscoe, 2003). To determine the mechanisms downstream of CDH11 knockdown that led to a reduction in the NC population, we next analyzed the impact on cell death and proliferation.



CDH11 Is Required for NC Cell Survival

The reduction in NC cells after CDH11 knockdown could be caused by two cellular responses. To determine if this phenotype was a result of increased cell death (or reduced cell survival) or of a reduction NC cell proliferation (or reduced population growth), we unilaterally injected chicken embryos with CDH11MO or ContMO, electroporated at HH4, and performed IHC for markers of cell death and cell proliferation. To determine the requirement for CDH11 in NC cell survival, IHC was performed for tumor protein p53 (p53) as previous work in chicken NC cells demonstrated that p53 plays a role in NC cell EMT and that excess p53 reduces the premigratory NC cell population (Rinon et al., 2011). The fluorescence intensity of p53 expression was measured in the dorsal region of the neural tube, and in the absence of CDH11, p53 expression was increased in the CDH11MO-injected side of the neural tube compared to the uninjected side (Figures 4A–C, n = 17, p = 0.02, Supplementary Figures S4A–D). We next analyzed expression of the p53-mediated apoptosis effector protein, activated Caspase-3 (*Casp3) together with PAX7 (Zou et al., 1999). After CDH11 knockdown, the total number of *Casp3-positive cells was counted in the injected and uninjected sides of each embryo. Expression of *Casp3 was significantly increased by 71.5% in CDH11MO-injected sides compared with the uninjected side (Figures 4D,D’,G,H, n = 14, p = 0.04), concurrent with a reduction in PAX7-positive cells (Figures 4E,E’,G,G’). However, embryos injected with ContMO showed no significant difference in *Casp3 or PAX7 between the injected versus uninjected sides (Figures 4I-M, n = 14, p = 0.97). We also performed terminal deoxynucleotidyl transferase dUTP nick end labeling (TUNEL) analysis to further confirm the presence of apoptotic cells in the neural tube after CDH11 knockdown. We identified an increase in fluorescence intensity of the TUNEL staining in the injected side of CDH11MO-injected neural tubes compared to the uninjected side (Supplementary Figures S4E–H,J, n = 12, p = 0.02) while ContMO-injected embryos had no significant difference in TUNEL staining between the injected and uninjected sides (Supplementary Figure S4I, n = 5, p = 0.53). Loss of CDH11 is thus correlated with an increase in cell death and CDH11 may be necessary for NC cell survival.
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FIGURE 4. Loss of CDH11 increases cell death. To determine the cause of reduced NC cell population after CDH11 knockdown, IHC was performed for (A-C) p53, (D,D’,G,G’,I,I’,L,L’) activated caspase 3 (*Casp3) to mark apoptotic cells, (E,E’,G,G’,J,J’,L,L’) PAX7, or (N–U) phosphorylated histone H3 (PH3) to mark mitotic cells. (A,B) IHC for p53 in transverse section. (C) Graph showing difference between fluorescence intensity on uninjected and CDH11MO-injected sides (n = 17, p = 0.02). (D) IHC for *Casp3 or (E) PAX7 in whole mount or for (D’) *Casp3 or (E’) PAX7 in transverse section, (F) CDH11MO in whole mount and (G,G’) are overlays. (H) Graph showing increased number of *Casp3-positive cells on CDH11MO side. Mean number *Casp3+ apoptotic cells is 17.90 on uninjected and 31.86 on CDH11MO-injected side, n = 14, p = 0.04. (I) IHC for *Casp3 or (J) PAX7 in whole mount or for (I’) *Casp3 or (J’) PAX7 in transverse section, (K) ContMO in whole mount and (L,L’) are overlays. (M) Graph showing difference between uninjected and ContMO-injected sides. Mean number of *Casp3+ apoptotic bodies is 9.36 on uninjected and 9.36 on ContMO-injected side, p = 0.97, n = 14. (N) IHC for PH3 in whole mount and (O) overlay with CDH11MO. (P) Transverse section from HH8 embryo injected with CDH11MO on right side (green). (Q) Graph showing difference between uninjected and CDH11MO-injected sides. Mean number of PH3+ cells is 6.20 on uninjected and 5.20 on CDH11MO-injected side, p = 0.50, n = 20. (R) IHC for PH3 in whole mount embryo injected with (S) ContMO. (T) Transverse section. (U) Graph showing difference between uninjected and ContMO-injected sides. Mean number of PH3+ cells is 5.88 on uninjected and 4.75 on ContMO-injected side, p = 0.54, n = 8. Loss of CDH11 increases cell death on injected side. All graphs show mean (indicated on graph) and median (line within graph). Scale bar whole mount images indicated in (A) and for sections in (C). Asterisk indicates injected side in sections.


Previous results in Xenopus embryos linked loss of CDH11 to increased Wnt-dependent cell cycling and suggested that loss of CDH11 was positively correlated with NC cell proliferation (Koehler et al., 2013). To determine if NC cell proliferation was altered after CDH11 knockdown at the premigratory stage, we injected and electorporated CDH11MO or ContMO unilaterally at HH4 and performed IHC for phosphorylated histone H3 (PH3), a marker of mitotic cells (Figures 4N–U). We determined that neither CDH11MO (Figures 4N–Q, n = 20, p = 0.57) nor ContMO (Figures 4R–U, n = 8, p = 0.54) significantly changed the number of PH3-positive cells suggesting that there is no consistent role for CDH11 in NC proliferation. These data demonstrate a requirement for CDH11 in NC cell survival.



Blocking p53-Mediated Apoptosis Rescues NC Cells

Previous studies have identified both SNAI2 and SOX9 as factors that prevent apoptosis in NC cells in Xenopus and chick embryos, respectively (Tribulo et al., 2004; Cheung et al., 2005). Further, increased p53 expression has been linked to reduction in SNAI2 protein expression and increased craniofacial defects in chick and mouse (Rinon et al., 2011). Due to the reduction in the expression of the NC specifier proteins and increased in p53 and *Casp3 expression after CDH11 knockdown, we hypothesized that blocking the p53-mediated apoptotic pathway would rescue the phenotype caused by reduction of CDH11. To confirm that the NC phenotype was specific to changes in CDH11 expression, we first compared embryos injected with CDH11MO alone to those co-injected with CDH11MO and full length CDH11-GFP rescue construct and performed IHC for PAX7 expression to examine NC development. As expected, whereas loss of CDH11 reduced PAX7-expressing cells at stages after HH8 significantly (Figures 5A,K, n = 18, p = 0.02), PAX7 expression was rescued by co-injection of CDH11-GFP (Figures 5B,E,F,K, n = 13, p = 0.15). We next co-injected CDH11MO with a p53 translation-blocking morpholino (p53MO) to rescue the loss of PAX7. Injection of p53MO alone had little effect on PAX7 expression (Figure 5C), but interestingly, co-injection of CDH11MO with p53MO was able to partially rescue the PAX7-positive cell population (Figures 5D,G,H,K, n = 16, p = 0.48). To confirm that the renewed PAX7 expression was caused by a reduction in CDH11-p53-mediated cell death, we verified the rescued phenotype by analyzing *Casp3 expression in CDH11MO and p53MO co-injected embryos (Figures 5I,J,L, n = 14, p = 0.04), injection of p53MO alone did not significantly change levels of *Casp3 in embryos (Figure 5L, n = 10, p = 0.71). However, blocking p53 was able to partially rescue the increased *Casp3 expression (Figures 5I,J,L, n = 12, p = 0.68). These data demonstrate that loss of CDH11 reduces NC cells due to increased p53-mediated cell death, and that blocking p53-mediated apoptosis can rescue the loss of NC cells.
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FIGURE 5. Blocking p53-mediated apoptosis rescues the NC fate. To determine if the NC and *Casp3 phenotypes resulted from p53-mediated apoptosis, embryos were injected with multiple combinations of treatments to attempt to rescue the phenotype. (A–D) Whole mount IHC for PAX7 in HH8‐ HH9 embryos after (A) CDH11MO, (B) CDH11MO + CDH11-GFP, (C) p53MO, or (D) CDH11MO + p53MO. Inset shows treatment injection (green). (E) IHC for PAX7 in transverse section from HH9 embryo with (F) overlay with CDH11MO + CDH11-GFP (green). (G) IHC for PAX7 in transverse section from HH9 embryo with (H) overlay with CDH11MO + p53MO (green). (I) IHC for *Casp3 in transverse section from HH8 embryo with (J) overlay with CDH11MO + p53MO (green). (K) Graph showing difference in PAX7 expression between uninjected and injected sides. Mean number of PAX7+ cells is 42.8 on uninjected and 28.6 on CDH11MO-injected side, p = 0.02, n = 18. Mean number of PAX7+ cells is 47.77 on uninjected and 57.23 on CDH11MO + CDH11-GFP-injected side, p = 0.15, n = 13. Mean number of PAX7+ cells is 35.06 on uninjected and 39.94 on CDH11MO + p53MO-injected side, p = 0.48, n = 16. (L) Graph showing difference in *Casp3 expression between uninjected and injected sides. Mean number of *Casp3+ cells is 17.90 on uninjected and 31.86 on CDH11MO-injected side, p = 0.04, n = 14. Mean number of *Casp3 + cells is 40.20 on uninjected and 36.80 on CDH11MO + CDH11-GFP-injected side, p = 0.71, n = 10. Mean number of *Casp3 + cells is 16.50 on uninjected and 14.17 on CDH11MO + p53MO-injected side, p = 0.68, n = 12. All graphs show mean (indicated on graph) and median (line within graph). Phenotypes were rescued by co-injection with full length CDH11 as well as by blocking p53 translation suggesting that the NC phenotype is due to cell death after loss of CDH11. Scale bars for (E,F) are as marked in (E) and (G-J) are marked in (G).




CDH11 Is Required for Normal NC Cell EMT, Morphology, and Migration

Finally, since cell adhesion molecules such as cadherins play a critical role in morphological changes during NC EMT and migration, we investigated how the NC cell features were affected by the early loss of CDH11 in the premigratory cells in vivo. To this end, we analyzed changes in the expression of E-cadherin/CDH1, a membrane-bound type I cadherin protein that has been linked to NC cell specification (Rogers et al., 2018) and to NC cell EMT and migration in both frog and chick embryos (Rogers et al., 2013; Huang et al., 2016). CDH11MO was unilaterally injected and electroporated at HH4, and cell morphology, CDH1 fluorescence intensity, and cell migration distance were measured in HH10 (10 SS) embryos. Loss of CDH1 enhanced CDH1 protein fluorescence in NC cells on the injected side (Figures 6A–B’, n = 11, p = 0.02), which resulted in defective migration while cells from the uninjected side had already migrated. We separately measured the distance from the midline that PAX7 and SOX9-positive cells traveled in CDH11MO-injected cells compared to uninjected sides because their expression differs in premigratory NC cell populations. CDH11MO-injected SOX9-positive cells migrated 31% less than the uninjected side (Figures 6C–D’,J, n = 17, p = 0.026) and PAX7-positive cells migrated 43.8% less than the uninjected side (Figure 6J, n = 19, p = 0.029). Our results suggest that CDH11 is necessary for NC specification, survival, and EMT. As a result of the early phenotype, cell morphology and migration remain affected at migratory stages.
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FIGURE 6. CDH11 knockdown affects cell morphology and NC cell migration. To determine if the NC determination and cell death phenotype affects cell morphology in vivo (A–D’) embryos were injected unilaterally with CDH11MO and electroporated at HH4, and IHC was performed for (A–B’) CDH1 to mark epithelial cells and (C–D’) SOX9 to mark definitive NC cells. Dashed boxes in (A-D) indicate location of zoom in from (A’–D’).To determine if the CDH11 knockdown phenotype affects cell morphology and migration ex vivo (E–H”) neural tube explants were dissected from HH8 embryos, cultured on fibronectin coated slides, and stained for filamentous actin (F-actin). (A) IHC for CDH1 in transverse section from 10 SS embryo with (B) overlay with CDH11MO (green). (A’) Zoom in of dashed box from (A) showing increased CDH1 expression in dorsal neural tube in CDH11MO-injected versus uninjected side. (B’) Overlay with CDH11MO. (C) IHC for SOX9 in transverse section from the same 10 SS embryo from (A) with (D) overlay with CDH11MO (green) demonstrating reduced migration on CDH11-injected side. (C’,D’) Zoom in of dashed box from (C,D). (E-F”) Staining for F-actin in explant from embryo unilaterally injected with CDH11MO and electroporated at HH4, at (E) 20X and (F) 40X magnification. (F’) Zoom in of single follower cell from CDH11MO-injected explant. (F”) Zoom in of single leading cell from CDH11MO-injected explant. Both cells are significantly closer to epithelial explant and smaller than uninjected cells. (G–H”) Staining for F-actin in explant from uninjected side at (G) 20X and (H) 40X magnification. (H’) Zoom in of grouped follower cells from uninjected explant. (H”) Zoom in of single leading cell from uninjected explant. (I) Graph showing in vivo difference in CDH1 between uninjected and CDH11MO-injected sides. Corrected mean total cell fluorescence of CDH1 in the dorsal neural tube is 1645.5 on uninjected and 2202.9 on CDH11MO-injected side, p = 0.02, n = 11. (J) Graph showing difference in migration in vivo from midline of PAX7 and SOX9-positive cells between uninjected and CDH11MO-injected sides. Average distance migrated away from midline by PAX7+ cells is 136.8 μm on uninjected and 76.93 μm on CDH11MO-injected side, p = 0.006, n = 11 cells. Average distance migrated away from midline by SOX9+ cells is 166.87 μm on uninjected and 115.22 μm on CDH11MO-injected side, p = 0.002, n = 19. (K) Graph showing average distance migrated ex vivo by cells from explant is 73.7 μm from uninjected explant and 53.6 μm from CDH11MO-injected explant, p = 0.02, n = 17 cells. (L) Graph showing average cell length is 36.8 μm in uninjected explants and 19.0 μm in CDH11MO-injected explants, p = 5.6E-08, n = 23 cells. Overall, loss of CDH11 significantly reduces NC cell population, affects their morphology, and reduces cell migration as a result. All graphs show mean (indicated on graph) and median (line within graph). Scale bars for (A-D) are as marked in (A), (A’,B’) are marked in (A’), (E,G) are marked in (E), (F,H) are marked in (F), and (F’–H”) are marked in (F’).


We also performed NC explant assays to better assess the morphology and migratory ability of the cells lacking CDH11 ex vivo to determine if the NC migration defects in embryos are due to intrinsic or extrinsic properties. Embryos were electroporated with CDH11MO at HH4 and neural tube explants were dissected from the embryos at HH8 (3 SS–6 SS), cultured for 8 h, and then stained for filamentous actin (F-actin). Explants were repeated in triplicate and both leading edge and follower cells were measured (distance and size) individually. Cells lacking CDH11 migrated away from the explant 27.3% less than uninjected cells (Figures 6E–F”,K, n = 17, p = 0.02). The average migration distance from the epithelial explant by CDH11MO-injected cells was 53.6 μm while uninjected cells demonstrated a normal migratory ability, formed both lamellipodia and filopodia, and migrated approximately 73.7 μm from the explant (Figures 6G–H”,K). Very few cells were physically able to detach from the collective group in CDH11MO-injected explants, and most remained strongly adherent to the epithelial explant (compare Figures 6E,F’–G,H’). In addition to exhibiting migration defects, cells lacking CDH11 were significantly smaller more rounded and lacked filopodia similar to Xenopus NC cells lacking CDH11 (Kashef et al., 2009; compare Figures 6F’,F”-H’,H”, n = 23 cells, p = 5.6E-08).




DISCUSSION

Defining the specific roles of cell adhesion proteins in early development is necessary as abnormal expression of these proteins is linked to cellular anomalies and congenital defects. With dynamic expression profiles, differential downstream signaling; and implications in cell survival, specification, and migration, cadherin proteins are involved in multiple aspects of embryonic development. Here, we examined the localization and function of CDH11 protein in early avian NC cells. CDH11 is expressed in the neural tube prior to NC cell formation, is turned on in the NC cells at the premigratory stages, and is maintained in migratory NC cells. Loss of CDH11 reduced the number of specified cells (SNAI2, SOX9, SOX10-positive) that normally proceed to cell migration and reduced proteins that are crucial for NC cell survival (SNAI2, SOX9). Furthermore, loss of CDH11 increased levels of CDH1 in premigratory NC cells, which failed to migrate normally. In contrast to previous studies, loss of CDH11 had little effect on cell proliferation but increased p53 expression and p53-mediated cell death in the neural tube, which was either a result of losing SNAI2 and SOX9 or caused the reduction in those proteins. Inhibition of p53 in cells deficient for CDH11 partially rescued the loss of NC cells and the increase in *Casp3 (Figure 7A). Previous studies in frog embryos (Borchers et al., 2001; Kashef et al., 2009; Langhe et al., 2016) have reported that CDH11-deficient cells exhibit migratory and morphological defects. Our results shed light on the CDH11-mediated events in NC prior to migration and allows us to posit that at least some of the migratory defects may be secondarily caused by defects in cell specification and cell survival.

[image: Figure 7]

FIGURE 7. Summary diagram of CDH11-knockdown phenotype. (A) Image depicting NC cell development in normal NC cells (CDH11+) and cells lacking CDH11 (CDH11-). Normal cells undergo EMT, exit the neural tube, migrate collectively, and then progressively mesenchymalize as development proceeds. Normal lamellipodial and filopodial projections form as the cells navigate through the extracellular matrix. In the absence of CDH11, NC cells are induced, but undergo p53-mediated apoptosis due to either (1) inability to complete EMT/migration or (2) altered intracellular signaling in the absence of CDH11. PAX7, SOX9, SNAI2, and SOX10 positive cells are all significantly reduced in the absence of CDH11 while p53 and *Casp3 are upregulated. (B) Simplified NC GRN identifying NC specifiers and multiple putative inputs into the CDH11 upstream regulatory region as identified by ATAC-seq performed on NC cells (Williams et al., 2019). Little is known about the downstream targets and effectors of most cadherin proteins in the NC GRN with the exception of CDH6B (Schiffmacher et al., 2016) and CDH11 in migratory NC cells (Kashef et al., 2009; Koehler et al., 2013), and therefore identifying their targets in premigratory NC cells is essential. Direct binding relationships are indicated with solid lines while putative regulatory relationships are indicated by dashed lines. Letters indicate species in which experiments were performed: x = Xenopus, c = chicken, m = mouse. GRN information sourced from Rogers and Nie (2018).



Critical Timing of CDH11 Function

NC cells are a dynamic population of cells controlled by multiple levels of secreted morphogens, transcription factors, epigenetic modifiers, and cell-cell adhesion molecules (Martik and Bronner, 2017). To understand the potential role of CDH11 in early development, we characterized the spatiotemporal expression and localization of the protein in vivo in stages earlier than those previously identified (Chalpe et al., 2010). Our data indicate that CDH11 protein is expressed in the neuroepithelium during neurulation and is specifically upregulated above its neuroepithelial levels in the bonafide NC cells (SOX9+, SNAI2+) prior to EMT (Figure 1). The bulk of previous work studying CDH11 function in NC cells focused on its necessity for normal NC cell migration including its post-translational processing (McCusker et al., 2009; Abbruzzese et al., 2016), the formation of focal adhesions, protrusive activity, and extracellular matrix dynamics (Kashef et al., 2009; Langhe et al., 2016; Row et al., 2016). Here, we focused on understanding the pre-migratory role of CDH11 in NC cell development. CDH11 is expressed at very low levels in the neural plate border cells during NC induction, and our results suggest that it is not necessary for NC induction (3 SS and earlier), but rather it is necessary for NC cell specification and survival (5 SS and later; Figure 2). In support of our results, previous studies in Xenopus embryos showed that both exogenous CDH11 and dominant negative CDH11 expression reduced the population of undifferentiated NC cells and inhibited NC cell migration without affecting neural plate specification (Borchers et al., 2001). Interestingly, the same study reported that NC cells gained neural cell identities in the presence of dominant negative CDH11, in line with our finding that CDH11 may be necessary for specification during premigratory stages. We believe that our results fill a gap in the previously reported phenotype. Loss of CDH11 reduces the definitive NC cell populations (Figures 2, 3) because without CDH11, these cells undergo p53-mediated cell death (Figures 4, 5). The timing of cell death occurs after induction but prior to NC cell EMT and migration. Our data suggest one of two possibilities; intracellular signaling downstream of CDH11 is necessary for the maintenance and survival of the premigratory NC cells, or that the cells require the presence of CDH11 for normal cell-cell adhesion-related EMT preparatory steps prior to migration, and without it they die. Future experiments are designed to test those hypotheses. Although CDH11 and other cadherins currently reside at the end of the NC GRN and are thought to function solely as regulators of NC EMT and migration downstream of NC specifiers, recent work that characterized all open enhancers in premigratory NC cells indeed identified putative binding sites in the CDH11 enhancer for SNAI2 and SOX9 (Figure 7B; Williams et al., 2019). Their enhancer analyses suggest that SNAI2 and SOX9 may drive CDH11 expression prior to EMT while FOXD3 and SOX2 may repress it. Future work will determine which of these factors functions upstream of CDH11 in the NC cells and whether the effects of CDH11 knockdown on cell specification and survival are direct (SOX9/SNAI2➔CDH11➔cell specification/survival) or indirect through changes in NC specifiers (CDH11➔SOX9/SNAI2➔cell specification/survival).



CDH11 and p53 Mediated Apoptosis

Our initial investigation into the role of CDH11 during early embryogenesis stemmed from its expression in developing NC cells and the varied accounts of its function in cancer cells. Previous studies in embryos demonstrated that CDH11 is necessary for NC migration (Vallin et al., 1998; Kashef et al., 2009; Abbruzzese et al., 2016; Langhe et al., 2016), but very few studies dissected its function in formation or survival in vivo (Borchers et al., 2001). Additionally, the role of CDH11 in cancer cells is variable. In murine retinoblastoma, CDH11 functions as a tumor suppressor, and overexpression of the gene in mouse models resulted in increased cell death (Marchong et al., 2010). This study relates to our data demonstrating that changes in CDH11 induces cell death or reduces NC cell survival; however, the mechanisms driving cell death downstream of gain and loss of CDH11 are likely unique in each situation. Both SLUG/SNAI2 (Tribulo et al., 2004) and SOX9 (Cheung et al., 2005) have demonstrated anti-apoptotic activity in NC cells, and their presence in the neural folds is correlated with reduced cell death. The previous studies paired with our data showing that loss of CDH11 reduces SOX9 and SNAI2 expression while concurrently increasing p53 expression (Figures 3, 5), suggests a link between CDH11 and the p53-mediated apoptotic pathway.

However, rather than driving cell death indirectly, it is possibly based on its requirement for CDH11 in NC migration. The loss of CDH11, whether through changes in cell-cell adhesion or intracellular signaling, drives cell death. Loss of CDH11 in the premigratory cells creates a defect in the mechanisms driving NC delamination and EMT. Western blot analysis using protein lysates from progressives stages of chicken embryos confirmed that chicken CDH11 undergoes processing and cleavage similar to Xenopus embryos (Supplementary Figure S1A), likely creating an extracellular fragment that would interact with the full length CDH11 to drive NC cell migration (McCusker et al., 2009). In our study, the NC cells have activated NC specifier proteins (SOX9, SNAI2, SOX10) and attempt to migrate, but cannot due to abnormal levels of CDH1 that prevent proper mesenchymalization (Figure 6; Rogers et al., 2013). Cells lacking CDH11 have increased F-actin cabling (Figure 6), which has previously been linked to the execution phase of cell death and is required for the formation of apoptotic bodies in embryonic carcinoma cells (Neradil et al., 2005). Additionally, actin-induced activation of the Ras signaling pathway has been previously linked to apoptosis (Gourlay and Ayscough, 2006). In contrast, overexpression of CDH11 may function to activate cell death via a Wnt-or Rho-dependent mechanism as previously described (Li et al., 2012; Row et al., 2016), and future experiments are designed to identify CDH11-specific apoptotic mechanisms.



Implications and Considerations for Disease Studies

Contrasting conclusions about the role of CDH11 in the disease state may be clarified if its function is assessed in the context of epithelial vs. mesenchymal cells. Loss of CDH11 prior to NC cell migration prevents the cells from leaving the neural tube efficiently, thereby activating the p53-mediated apoptotic pathway. The lack of specific expression in NC progenitors and generalized neural tube expression until just prior to the stage of migration suggests that CDH11 may play another role in the developing neuroepithelium. These data support a dual role for CDH11 during development. The upregulated expression of CDH11 in premigratory NC cells at 5 SS coincides with the wild type expression of SNAI2, SOX9, and SOX10, three proteins that are necessary for NC cell migration. It also coincides with the stage at which N-cadherin is reduced in the dorsal neural tube (Rogers et al., 2018). We believe that the functional type II cadherin complex is required for the completion of EMT and that loss of CDH11 leads to an increased tension on the cytoskeletal elements of the NC cells as evidenced by the increased CDH1 expression and F-actin localization causing activation of the p53-mediated apoptotic pathway. This hypothesis is supported by previous work demonstrating tightly controlled cadherin proteins in the NC EMT process (Coles et al., 2007; Rogers et al., 2013; Schiffmacher et al., 2014, 2016; Scarpa et al., 2015). In essence, the cells are programmed to migrate, but because they are unable, they are directed to die. As altering CDH11 affects cell survival, CDH11 may be functioning as it does in cancer cells, as pro-apoptotic stemness modulator that functions via the WNT and Rho pathways. Future experiments will focus on understanding the specific mechanisms downstream of CDH11 that regulate the NC cell population.



Possible Mechanisms Downstream of CDH11

In Xenopus, CDH11 controls filopodia and lamellipodia formation by binding to the guanine nucleotide exchange factor (GEF) proteins. Overexpression of cdc42, Rac1, and RhoA in frog embryos lacking CDH11, rescues cranial NC cell migration (Kashef et al., 2009), and the GEF proteins specifically regulate NC cell protrusion and migration likely mediated by Rac1 (Kratzer et al., 2020). Therefore, loss of CDH11 may cause alterations in intracellular signaling and cytoskeletal rearrangements specifically linked to altered Rac/Rho signaling downstream of CDH11.

CDH11 also interacts with the proteoglycan, Syndecan-4, which maintains cell-substrate adhesion during cell migration. Loss of Syndecan-4 increased Rac activity, and inhibition of Rac1 by Syndecan-4 regulated the migration of NC cells (Matthews et al., 2008; Langhe et al., 2016). However, the non-canonical Wnt Planer Cell Polarity (PCP) Pathway promotes RhoA activity, which is necessary for NC cell migration, and inhibition of RhoA increased in Rac activation which can induce cell death (Matthews et al., 2008). It is possible that if the NC phenotype caused by loss of CDH11 is not directly related to cell-cell adhesion specific migration defects, rather, CDH11 may be a novel regulator that functions between Rac1 and RhoA, and loss of CDH11 may activate Rac1, preventing the cells from migrating and inducing apoptosis. Future studies will continue to investigate the mechanisms that cause a reduction in the NC cell population in CDH11-deficient cells, but it is clear from our studies and others that CDH11 plays a complex and important role in NC cell formation and survival prior to its role in migration.

Loss of CDH11 causes p53-mediated cell death and reduces the number of bonafide NC cells in addition to causing morphological and migratory defects both in vivo and ex vivo. Our analyses add new information to previous discoveries, demonstrating that CDH11 is not solely required for migration, but plays an important role prior to NC cell emigration from the neural tube.




MATERIALS AND METHODS


Chicken Embryos

Fertilized chicken eggs were obtained from local sources (Sunstate Ranch, CA and the UC Davis Hopkins Avian Facility) and incubated at 37°C to the desired stages according to the criteria of Hamburger and Hamilton (HH). Use and experiments on embryos was approved by the California State University Northridge IACUC protocol: 1516-012a, c and the UC Davis IACUC protocol #21448.



Microinjection and Electroporation

Translation blocking antisense fluorescein or biotin-labeled morpholinos to CDH11 (CDH11MO; 5'-TATTTTGTAGGCACAGGAGTATCCA-3'), p53 (5'-CAATGGTTCCATCTCCTCCGCCATG-3') and a non-specific control morpholino (ContMO; 5'-CCTCTTACCTCAGTTACAATTTATA-3') were microinjected into the right side of a Hamburger-Hamilton stage 4–5 chicken embryo and platinum electrodes were placed vertically across the embryos and electroporated with five pulses of 6.3–6.8 V in 50 ms at 100 ms intervals. Injections of the morpholinos (0.5 mM-1 mM) were paired with 0.5–1.5 mg/ml of carrier plasmid DNA (Voiculescu et al., 2008) to enhance cell uptake of treatment. Injections were performed by air pressure using a glass micropipette targeted to the presumptive neural plate and neural plate border region. DNA plasmids pCAGGS-CDH11-IRES-GFP1, Sirius-H2B-C-10 (injected as marker for CDH11MO) were a gift from Michael Davidson to Addgene (Addgene plasmid # 552262; RRID:Addgene_55226) and were introduced in a similar manner to morpholinos described above. HH stage 4–5 electroporations were conducted on whole chick embryo explants placed ventral side up on filter paper rings.



Immunohistochemistry

Immunohistochemistry (IHC) was performed as described previously (Strobl-Mazzulla and Bronner, 2012; Rogers et al., 2013). Briefly, for IHC, chicken embryos were fixed on filter paper in 4% paraformaldehyde (PFA) in phosphate buffer for 15–25 min at room temperature. After fixation, embryos were washed in 1X TBS (500 mM Tris-HCl, pH 7.4, 1.5 M NaCl, and 10 mM CaCl2) containing 0.1% Triton X-100 (TBST+ Ca2+). Short fixation times and TBST+ Ca2+ were used to enhance the IHC for cadherin proteins specifically. IHC using longer fixation or PBS + Triton without Ca2+ resulted in much lower antigen signal. For blocking, embryos were incubated in TBST+ Ca2+ and 10% donkey serum for 1 h at room temperature. Primary antibodies were diluted in blocking solution and incubated with embryos for 3 h at room temperature or for 24–48 h at 4°C. After incubation with primary antibodies, whole embryos were washed in TBST + Ca2+, incubated with AlexaFluor secondary antibodies diluted in blocking buffer (1,500) for 3 h at room temperature or 12–24 h at 4°C. They were then washed in TBST+ Ca2+, and post-fixed in 4% PFA for 30 min−1 h at room temperature. Antibodies used in the study (Table 1): Rabbit α-Cadherin-11 (Cell Signaling Technologies, #4442), Mouse α-Cadherin-11 (Invitrogen, #5B2H5), Mouse α-E-cadherin (BD Transduction Laboratories, 61081), Rabbit α-Active Caspase-3 (R and D Systems, #AF835), Mouse α-PAX7 (DSHB), Rabbit α-SOX9 (EMD Millipore, #ab5535), Rabbit α-SOX2 (Abcam, #ab97959), Mouse α-SOX10 (Proteintech, #66786-1-Ig), Rabbit α-SLUG/SNAI2 (Cell Signaling Technology, #9585S), Mouse α-p53 (Millipore, CBL404), and Rabbit α-Phospho histone H3 (R7D Systems, #ab5176). After IHC all embryos were imaged in both whole mount and transverse section (after cryosectioning) using a Zeiss Imager M2 with Apotome capability and Zen optical processing software.



TABLE 1. Antibodies used in study.
[image: Table1]



Western Blot

Embryo lysate was isolated from 10 to 20 manually dissected chicken embryos from stages HH4–6, HH8–10, and HH11–12 or tailbud stage axolotl embryos for Western blot analysis. Lysate was isolated using lysis buffer: 50 mM Tris-HCL pH 7.4 with 150 mM NaCl plus 1.0% NP-40 and EDTA-free protease inhibitor (Roche cOmplete, #11697498001). SDS page was run on precast 8–12% bis-tris gel (Invitrogen, #NP0321BOX) for 3 h at 60 V; gel was transferred to nitrocellulose using the Invitrogen iBlot2 Dry Blotting System. Nitrocellulose membranes were washed in TBST+ Ca2+, blocked and incubated with primary antibody in TBST+ Ca2+ with 5.0% milk or 5.0% BSA, were then incubated in (5%) milk protein in TBST+ Ca2+ with secondary antibodies, and visualized using Prometheus ProSignal Femto ECL Reagent (#: 20-302B) and exposed to Prometheus ProSignal ECL Blotting Film, 5 × 7 in. (#: 30-507 L).



Imaging and Fluorescence Quantification

Fluorescence images were taken using Zeiss ImagerM2 with Apotome.2 and Zen software (Karl Zeiss). Fluorescence was quantified using NIH ImageJ by averaging the relative intensity of 1–6 images per embryo. Specifically, when multiple section images were available, intensity would be measured individually and then averaged over one individual. N’s represent unique individuals. Background was subtracted uniformly across the images using the background subtraction function in NIH ImageJ with a rolling-ball radius of 50.00 pixels before quantitation (Hutchins and Szaro, 2013). For *Casp3, fluorescence was compared between half neural tubes while all other analyses compared fluorescence in the dorsal half of the neural tubes on the injected and uninjected sides. Half embryos injected with CDH11MO or ContMO were compared to the uninjected or control side.



Ex vivo Neural Tube Explants

For explant assays, embryos were electroporated with 0.75 mM CDH11MO plus Sirius carrier DNA on the right side of the embryo at HH4. Embryos were cultured until HH8 as described previously (Sauka-Spengler and Barembaum, 2008). At HH8, the neural tubes were dissected out of the embryo in Ringer’s solution and subsequently placed in 8-well chamber slides (Millicell EZ SLIDE 8-well glass, sterile, # PEZGS0816) that were coated with 100 μg/ml fibronectin. The explants were cultured in DMEM with 10% FBS, 2 mM l-glutamine, and 100 units of penicillin with 0.1 mg/ml streptomycin at 37°C with 0.5% CO2 for 8 h. After incubation, explants were fixed using 4% PFA, washed in TBST + Ca2+, and incubated with Phalloidin stain. Cytoskeletal stain was: Invitrogen Molecular Probes Alexa Fluor 568 Phalloidin (#A12380).



TUNEL Assay

For TUNEL assay, the Click-iT Plus TUNEL Alexa Fluor 488 and 647 were used. Protocol was as the manufacturer suggests. Briefly, embryos were fixed for 15 min in 4% PFA in phosphate buffer, washed in TBST + Ca2+, washed with deionized H2O, incubated with TdT reaction mix at 37°C, washed and incubated with Click-iT reaction for 30–60 min at room temperature.



Cell Counts and Statistical Analysis

All experiments were repeated three to four times. Cell counts and fluorescence intensity represented in box plots were either performed manually in Adobe Photoshop or were performed using NIH ImageJ. Cell counts were averaged from one to three sections per embryo. Mean, median, and standard deviation were calculated using Microsoft Excel across all biological replicates. The value of p was calculated in Microsoft excel using a Student’s t-Test with a 2-tailed distribution with unequal variance between samples for stringency. p-values under 0.05 are considered statistically significant. All cell counts are availables in Supplementary Tables 1–7.
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Cranial neural crest cells (cNCCs) are migratory, multipotent cells that originate from the forebrain to the hindbrain and eventually give rise to the cartilage and bone of the frontonasal skeleton, among other derivatives. Signaling through the two members of the platelet-derived growth factor receptor (PDGFR) family of receptor tyrosine kinases, alpha and beta, plays critical roles in the cNCC lineage to regulate craniofacial development during murine embryogenesis. Further, the PDGFRs have been shown to genetically interact during murine craniofacial development at mid-to-late gestation. Here, we examined the effect of ablating both Pdgfra and Pdgfrb in the murine NCC lineage on earlier craniofacial development and determined the cellular mechanisms by which the observed phenotypes arose. Our results confirm a genetic interaction between the two receptors in this lineage, as phenotypes observed in an allelic series of mutant embryos often worsened with the addition of conditional alleles. The defects observed here appear to stem from aberrant cNCC migration, as well as decreased proliferation of the facial mesenchyme upon combined decreases in PDGFRα and PDGFRβ signaling. Importantly, we found that PDGFRα plays a predominant role in cNCC migration whereas PDGFRβ primarily contributes to proliferation of the facial mesenchyme past mid-gestation. Our findings provide insight into the distinct mechanisms by which PDGFRα and PDGFRβ signaling regulate cNCC activity and subsequent craniofacial development in the mouse embryo.
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INTRODUCTION

The various populations of neural crest cells (NCCs) within the vertebrate embryo play critical roles in development and contribute to a wide array of derivatives. In mammals, these cells originate at the neural ectoderm border and undergo an epithelial-to-mesenchymal transition before delaminating from the cranial neural folds or dorsal neural tube. Cranial NCCs (cNCCs) are a subpopulation of NCCs that arise from the forebrain to the hindbrain and eventually contribute to the cartilage and bone of the frontonasal skeleton, as well as the cartilages of the jaw, middle ear, hyoid, and thyroid, among other derivatives (Trainor, 2005; Mayor and Theveneau, 2013). Craniofacial development in the mouse begins around embryonic day (E) 9.5 with the formation of five facial prominences populated by post-migratory cNCCs. These prominences include the frontonasal prominence and pairs of maxillary prominences (MxPs) and mandibular prominences (MdPs). The frontonasal prominence is divided into the lateral and medial nasal processes (MNPs) upon formation of the nasal pits. These nasal processes will eventually fuse to form the nostrils. An additional fusion event occurs between the MNPs and the MxPs resulting in formation of the upper lip. Concurrently, the secondary palatal shelves appear as outgrowths from the oral surface of the MxPs. The shelves grow downward from the MxPs and subsequently elevate to a horizontal position above the tongue. The palatal shelves grow toward one another and eventually fuse, generating a continuous palate that divides the nasal and oral cavities (Bush and Jiang, 2012). The complex morphogenetic process of craniofacial development requires a precise interplay of multiple cell and tissue types. As such, craniofacial development defects, such as cleft lip and palate, are among the most common birth defects in humans (Parker et al., 2010).

Signaling through the platelet-derived growth factor receptor (PDGFR) family of receptor tyrosine kinases plays a critical role in human craniofacial development. In mammals, there are four PDGF ligands, PDGF-A-D, which interact with two receptors, PDGFRα and PDGFRβ. The homodimers PDGF-AA and PDGF-CC solely activate PDGFRα signaling during mammalian development (Boström et al., 1996; Soriano, 1997; Ding et al., 2004), while the homodimer PDGF-BB exclusively activates PDGFRβ signaling (Levéen et al., 1994; Soriano, 1994). Ligand binding induces PDGFR dimerization and activation of tyrosine kinase domains in the cytoplasmic portion of the receptors. These domains in turn autophosphorylate cytoplasmic tyrosine residues, which are then bound by signaling molecules to activate various intracellular signaling pathways and effect downstream cellular responses (Heldin and Westermark, 1999). In humans, nonsyndromic cleft palate is associated with heterozygous missense mutations in the coding region of PDGFRA and single base-pair substitutions in the 3' untranslated region (Rattanasopha et al., 2012). Further, cleft lip and palate are associated with single-nucleotide polymorphisms in the regulatory region of PDGFC which reduce transcriptional activity of the promoter (Choi et al., 2009). Alternatively, heterozygous missense mutations in PDGFRB have been shown to cause Kosaki overgrowth syndrome (OMIM 616592) and Penttinen syndrome (OMIM 601812), the clinical features of which include facial dysmorphology (Johnston et al., 2015; Takenouchi et al., 2015).

The roles of PDGFRα and PDGFRβ in human craniofacial development are evolutionarily conserved in the mouse. Pdgfra-null mouse embryos die at mid-gestation and display facial clefting, subepidermal blebbing, hemorrhaging, edema, defects in the cardiac outflow tract, abnormal neural tube development, mispatterned somites, and extensive skeletal defects affecting cNCC derivatives in the frontonasal skeleton and non-NCC-derived axial skeletal elements (Soriano, 1997). Embryos lacking both Pdgfa and Pdgfc phenocopy the defects in Pdgfra-null embryos (Ding et al., 2004). Pdgfra is expressed in migrating cNCCs and in the cNCC-derived facial process mesenchyme during mid-gestation, among other sites, while the ligands Pdgfa and Pdgfc are expressed in the adjacent epithelium (Morrison-Graham et al., 1992; Orr-Urtreger and Lonai, 1992; Ding et al., 2000; Hamilton et al., 2003; He and Soriano, 2013; Fantauzzo and Soriano, 2016). Embryos in which Pdgfra has been conditionally ablated in the NCC lineage using the Wnt1-Cre driver (Danielian et al., 1998) exhibit a subset of the phenotypes found in null embryos, such as facial clefting, midline hemorrhaging, defects in the aortic arch, and thymus hypoplasia (Tallquist and Soriano, 2003; He and Soriano, 2013). These Pdgfrafl/fl;Wnt1-Cre+/Tg embryos display delayed NCC migration into the frontonasal prominence at E9.5 and fewer NCCs in pharyngeal arches 3–6 at E10.5, with bifurcation of the streams entering these arches in a subset of embryos (He and Soriano, 2013). Additionally, these embryos have decreased proliferation in the frontonasal and medial nasal processes at E9.5 and E11.5, respectively (He and Soriano, 2013). Similarly, PDGFRα signaling regulates cell survival and proliferation of the cNCC-derived mesenchyme of the secondary palatal shelves at E13.5 (Fantauzzo and Soriano, 2014). Conditional ablation of Pdgfra specifically in cNCCs using the Sox10ERT2CreERT2 driver and following administration of tamoxifen at E7.5 likewise leads to fewer NCCs in the craniofacial region at E10.5, decreased proliferation in the MNP at E11.5, and eventual frontonasal dysplasia (He and Soriano, 2015). Interestingly, use of this driver revealed a novel requirement for PDGFRα in the mandible, as Pdgfrafl/fl; Sox10ERT2CreERT2 embryos additionally exhibited decreased proliferation in the mandibular mesenchyme at E11.5 and mandibular hypoplasia at E16.5 (He and Soriano, 2015). Conversely, Pdgfrb- and Pdgfb-null mice die near birth and display hemorrhaging, edema, defects in the cardiac ventricular septum, kidney defects, thrombocytopenia, and anemia (Levéen et al., 1994; Soriano, 1994). Pdgfrb, like Pdgfra, is expressed in the craniofacial mesenchyme during embryogenesis (Soriano, 1994; Fantauzzo and Soriano, 2016; McCarthy et al., 2016) and conditional ablation of Pdgfrb in the NCC lineage results in a wider nasal septum (NS), delayed palatal shelf development, and facial subepidermal blebbing in a subset of embryos (Fantauzzo and Soriano, 2016). Though the etiology of these defects is currently unknown, Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos do not have obvious defects in cNCC migration at E8.5–E10.5 (Fantauzzo and Soriano, 2016).

The PDGFRs have been shown to genetically interact during murine craniofacial and heart development. A previous report analyzing the effect of simultaneously conditionally ablating Pdgfra and Pdgfrb in the NCC lineage observed that skeletal preparations of these double-homozygous mutant embryos did not have more severe frontonasal midline defects than those found in Pdgfrafl/fl;Wnt1-Cre+/Tg embryos (McCarthy et al., 2016). However, malformations in bones at other locations at E17.5, including the basisphenoid, alisphenoid, and hyoid bones, as well as defects in various cardiac NCC derivatives at E14.5–E18.5, were observed that were more severe than those found in either Pdgfra or Pdgfrb single-homozygous mutant embryos (Richarte et al., 2007; McCarthy et al., 2016). The latter phenotype was shown to arise from cardiac NCC migration defects into the outflow tract as early as E10.5 and not from defects in proliferation nor survival of cells in the conotruncal region between E10.5 and E12.5 (Richarte et al., 2007). Phosphatidylinositol 3-kinase (PI3K) has been identified as the main downstream effector of PDGFRα signaling during embryonic development in the mouse (Klinghoffer et al., 2002). Embryos homozygous for a constitutive autophosphorylation mutant knock-in allele (PdgfraPI3K) that renders PDGFRα unable to bind PI3K exhibit a cleft palate and die perinatally, among other defects (Klinghoffer et al., 2002; Fantauzzo and Soriano, 2014). This palatal clefting is less severe than the overt facial clefting phenotype found in Pdgfra-null and Pdgfrafl/fl;Wnt1-Cre+/Tg embryos (Soriano, 1997; Tallquist and Soriano, 2003; He and Soriano, 2013). While PdgfraPI3K/PI3K embryos do not exhibit NCC migration defects at E9.5–E10.5 (He and Soriano, 2013), primary mouse embryonic palatal mesenchyme (MEPM) cells derived from E13.5 PdgfraPI3K/PI3K embryos fail to proliferate in response to PDGF-AA ligand treatment (He and Soriano, 2013; Fantauzzo and Soriano, 2014). When the PdgfraPI3K allele was combined with the Pdgfrbfl allele and the Wnt1-Cre driver, E13.5 double-homozygous mutant embryos had a complete facial clefting phenotype not observed in either single-homozygous mutant (Fantauzzo and Soriano, 2016). Further, addition of a single Pdgfrbfl allele worsened the midline defects found in PdgfraPI3K/PI3K skeletons at E16.5; PdgfraPI3K/PI3K;Pdgfrb+/fl;Wnt1-Cre+/Tg skeletons further exhibited nasal cartilage that was clefted and upturned, a widening of the space between the premaxilla bones and a broader skull (Fantauzzo and Soriano, 2016), similar to the frontonasal defects observed in Pdgfrafl/fl;Wnt1-Cre+/Tg embryos (Tallquist and Soriano, 2003; He and Soriano, 2013). Importantly, however, it could not be determined from this study whether the double-homozygous mutant phenotypes observed past mid-gestation were more severe than those exhibited by single-homozygous mutant embryos because of cell-autonomous or non-cell-autonomous effects on the NCC lineage.

To examine the effect of ablating both Pdgfra and Pdgfrb in the murine NCC lineage on earlier craniofacial development and to determine the cellular mechanisms by which the observed phenotypes arise, we analyzed an allelic series of mutant embryos. Our results confirm a genetic interaction between the two receptors in this lineage and demonstrate that PDGFRα plays a predominant role in cNCC migration whereas PDGFRβ exerts its effect primarily through the regulation of proliferation in the facial mesenchyme past mid-gestation.



MATERIALS AND METHODS


Mouse Strains

All animal experimentation was approved by the Institutional Animal Care and Use Committee of the University of Colorado Anschutz Medical Campus. Pdgfratm8Sor mice (Tallquist and Soriano, 2003), referred to in the text as Pdgfrafl; Pdgfrbtm11Sor mice (Schmahl et al., 2008), referred to in the text as Pdgfrbfl; H2afvTg(Wnt1-cre)11Rth mice (Danielian et al., 1998), referred to in the text as Wnt1-CreTg; and Gt(ROSA)26Sortm4(ACTB-tdTomato,-EGFP)Luo mice (Muzumdar et al., 2007), referred to in the text as ROSA26mTmG, were maintained on a 129S4 coisogenic genetic background. Statistical analyses of Mendelian inheritance were performed with the GraphPad QuickCalcs data analysis resource (GraphPad Software, Inc., La Jolla, CA, United States) using a χ2 test. Statistical analyses of litter sizes were performed with Prism 8 (GraphPad Software, Inc.) using a two-tailed, unpaired t-test with Welch’s correction.



Morphological Analysis

Embryos were dissected at multiple timepoints (day of plug considered 0.5 days) in 1x phosphate buffered saline (PBS) and fixed overnight at 4°C in 4% paraformaldehyde (PFA) in PBS. Embryos were photographed using an Axiocam 105 color digital camera (Carl Zeiss, Inc., Thornwood, NY, United States) fitted onto a Stemi 508 stereo microscope (Carl Zeiss, Inc.). Distances between nasal pits and heights of heads were measured using Photoshop software v 21.1.1 (Adobe, San Jose, CA, United States). The normalized distance between nasal pits was calculated by dividing the distance between nasal pits by the height of the head from the anterior surface of the forebrain to the posterior surface of pharyngeal arch 1. Statistical analyses were performed on all embryos represented in graphs, regardless of somite pair number, with Prism 8 (GraphPad Software, Inc.) using a two-tailed, unpaired t-test with Welch’s correction and Welch and Brown-Forsythe ANOVA tests.



Whole-Mount DAPI Staining

Whole-mount 4',6-diamidino-2-phenylindole (DAPI) staining was performed according to a previously published protocol (Sandell et al., 2012), except that staining was performed with 10 μg/ml DAPI (Sigma-Aldrich Corp., St. Louis, MO, United States) for 1 h at room temperature. Embryos were photographed using an Axiocam 506 mono digital camera (Carl Zeiss, Inc.) fitted onto an Axio Observer 7 fluorescence microscope (Carl Zeiss, Inc.). For lateral views of NCC streams, embryos were positioned on their sides at identical angles in glass-bottom dishes. Images were acquired and analyzed from both sides of each embryo using identical lamp intensities and exposure times. Extended depth of focus was applied to z-stacks using ZEN Blue software (Carl Zeiss, Inc.) to generate images with the maximum depth of field. Anterior-posterior heights and dorsal-ventral lengths of NCC streams in at least three embryos per genotype per timepoint were measured using ZEN Blue software (Carl Zeiss, Inc.). NCC stream height was measured at the tallest part of the middle of the stream. NCC stream length was measured from the dorsal-most edge of the NCC stream where cell condensation was apparent to the dorsal border of each pharyngeal arch, as determined by pharyngeal pouch morphology. The normalized distance of NCC streams was calculated by dividing the stream height or length by the height of the head from the crown to the posterior surface of pharyngeal arch 1. NCC stream bifurcations were assessed per stream and defined as errant holes and/or forking in the stream. NCC stream intermingling was assessed between streams entering pharyngeal arches 1–2 and between streams entering pharyngeal arches 3–4, and defined as two streams joining abnormally as compared to streams in control embryos. An Unsharp Mask was applied to select images of NCC streams at E10.5 using ImageJ software (version 2.0.0-rc-69/1.52p; National Institutes of Health) with radius 40 pixels and mask weight 0.90. For quantification of green fluorescent protein (GFP) intensity in the facial processes, embryos were positioned face-down at identical angles in 0.5% agarose-filled polystyrene dishes. Images were acquired using identical lamp intensities and exposure times. Extended depth of focus was applied to z-stacks using ZEN Blue software (Carl Zeiss, Inc.) to generate images with the maximum depth of field. GFP signal was measured in frontal views of at least three embryos per genotype per timepoint using ImageJ software (version 2.0.0-rc-69/1.52p; National Institutes of Health). For each embryo, the entire head was selected as the region of interest (ROI) to be measured. Values for integrated density for each ROI were recorded and normalized to the mean background value. For each embryo, the mean gray value for each of three separate regions surrounding but apart from the embryo were measured and averaged to obtain the mean background value. Relative fluorescence units were calculated using the following formula: corrected total fluorescence = integrated density – (ROI area × mean background). Statistical analyses were performed on all embryos represented in graphs, regardless of somite pair number, with Prism 8 (GraphPad Software, Inc.) using a two-tailed, unpaired t-test with Welch’s correction and Welch and Brown-Forsythe ANOVA tests.



TUNEL Assay

Embryos were fixed in 4% PFA in PBS and infiltrated with 30% sucrose in PBS before being mounted in O.C.T. compound (Sakura Finetek United States Inc., Torrance, CA, United States). Sections (8 μm) were deposited on glass slides. Apoptotic cells were identified using the In Situ Cell Death Detection Kit, Fluorescein (Sigma-Aldrich Corp.) according to the manufacturer’s instructions for the treatment of cryopreserved tissue sections. Sections were mounted in VECTASHIELD® Antifade Mounting Medium with DAPI (Vector Laboratories, Burlingame, CA, United States) and photographed using an Axiocam 506 mono digital camera (Carl Zeiss, Inc.) fitted onto an Axio Observed 7 fluorescence microscope (Carl Zeiss, Inc.). All positive signals were confirmed by DAPI staining. The percentage of terminal deoxynucleotidyl transferase-mediated dUTP nick end labeling (TUNEL)-positive cells was determined in three embryos per genotype per timepoint, with up to four sections analyzed per individual embryo. Analyzed sections within a given embryo were 5–10 sections apart, representing a distance of 40–80 μm. Graphed data represent averages from three independent embryos per timepoint. Statistical analyses were performed on values from individual sections with Prism 8 (GraphPad Software, Inc.) using a two-tailed, unpaired t-test with Welch’s correction and Welch and Brown-Forsythe ANOVA tests.



Ki67 Immunofluorescence Analysis

Sections (8 μm) of PFA-fixed, sucrose-infiltrated, O.C.T.-mounted embryos were deposited on glass slides. Sections were fixed in 4% PFA in PBS with 0.1% Triton X-100 for 10 min and washed in PBS with 0.1% Triton-X 100. Sections were blocked for 1 h in 5% normal donkey serum (Jackson ImmunoResearch Inc., West Grove, PA, United States) in PBS and incubated overnight at 4°C in anti-Ki67 primary antibody (1:300; Invitrogen, Carlsbad, CA, United States) in 1% normal donkey serum in PBS. After washing in PBS, sections were incubated in Alexa Fluor 488-conjugated donkey anti-rabbit secondary antibody (1:1,000; Invitrogen) diluted in 1% normal donkey serum in PBS with 2 μg/ml DAPI (Sigma-Aldrich Corp.) for 1 h. Sections were mounted in Aqua Poly/Mount mounting medium (Polysciences, Inc., Warrington, PA, United States) and photographed using an Axiocam 506 mono digital camera (Carl Zeiss, Inc.) fitted onto an Axio Observer 7 fluorescence microscope (Carl Zeiss, Inc.). All positive signals were confirmed by DAPI staining. The percentage of Ki67-positive cells was determined in three embryos per genotype per timepoint, with up to four sections analyzed per individual embryo. Analyzed sections within a given embryo were 5–10 sections apart, representing a distance of 40–80 μm. Graphed data represent averages from three independent embryos per timepoint. Statistical analyses were performed on values from individual sections with Prism 8 (GraphPad Software, Inc.) using a two-tailed, unpaired t-test with Welch’s correction and Welch and Brown-Forsythe ANOVA tests.



Cell Culture and Growth Assays

Primary MEPM cells were isolated from the palatal shelves of embryos dissected at E13.5 in PBS and cultured in medium [Dulbecco’s modified Eagle’s medium (GIBCO, Invitrogen) supplemented with 50 U/ml penicillin (GIBCO), 50 μg/ml streptomycin (GIBCO), and 2 mM L-glutamine (GIBCO)] containing 10% fetal bovine serum (FBS; HyClone Laboratories, Inc., Logan, UT, United States) as previously described (Bush and Soriano, 2010). For cell growth assays, 11,500 passage 2 MEPM cells were seeded into wells of a 24-well plate and cultured in medium containing 10% FBS. After 24 h, medium was aspirated and replaced with fresh medium containing 10% FBS (growth medium) or 0.1% FBS (starvation medium).

After 1, 2, 3, 4, and 6 total days in culture, cells were subsequently fixed in 4% PFA in PBS, stained with 0.1% crystal violet in 10% ethanol, extracted with 10% acetic acid, and the absorbance measured at 590 nm. Data represent results from three independent trials, each consisting of MEPM cells derived from one heterozygous embryo and at least one conditional knock-out littermate. Statistical analyses were performed with Prism 8 (GraphPad Software, Inc.) using a two-tailed, unpaired t-test with Welch’s correction and Welch and Brown-Forsythe ANOVA tests.




RESULTS


Pdgfra and Pdgfrb Genetically Interact in the NCC Lineage

To examine the effect of ablating both Pdgfra and Pdgfrb in the NCC lineage on mid-gestation craniofacial development, we intercrossed Pdgfrafl/fl;Pdgfrbfl/fl mice with Pdgfra+/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg mice and harvested the resulting progeny at E10.5 for gross morphological examination. Double-homozygous mutant embryos were recovered at Mendelian frequencies at this timepoint (16 embryos vs. 14 expected embryos out of 109 total, χ2 two-tailed p = 0.4915; Table 1). A small percentage of embryos across several of the eight allele combinations from the intercrosses exhibited an abnormal head shape due to a misshapen forebrain and/or midbrain, blebbing of the surface ectoderm in the facial region and/or facial hemorrhaging (Table 1). Further, 18% of Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos displayed ventral body wall closure defects (n = 11; Table 1).



TABLE 1. Phenotypes of E10.5 embryos from intercrosses of Pdgfrafl/fl;Pdgfrbfl/fl mice with Pdgfra+/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg mice.
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We next measured the distance between nasal pits, normalized to the height of the head, in E10.5 embryos as a readout of defects at the facial midline, revealing a significant difference in measurements across one control (Pdgfra+/fl;Pdgfrb+/fl;Wnt1-Cre+/+) and the four experimental genotypes containing the Wnt1-Cre transgene (Welch’s ANOVA test p = 0.0390; Brown-Forsythe ANOVA test p = 0.0195). The distance between nasal pits was significantly increased in Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (0.6542 ± 0.04112, p = 0.0095), Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (0.6648 ± 0.03722, p = 0.0052), and double-homozygous mutant embryos (0.6532 ± 0.05014, p = 0.0155) compared to control Pdgfra+/fl;Pdgfrb+/fl;Wnt1-Cre+/+ embryos (0.4682 ± 0.04628; Figure 1). While double-heterozygous mutant embryos had a larger distance between nasal pits than control embryos, this difference was not statistically significant (Figure 1). Interestingly, the greatest distance between nasal pits was observed in Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos, though this distance was not significantly different between these and double-homozygous mutant embryos (Figure 1).
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FIGURE 1. Ablation of Pdgfra and Pdgfrb in the neural crest cell (NCC) lineage leads to increased distances between the nasal pits at mid-gestation. Scatter dot plot depicting the normalized distance between nasal pits across five genotypes at E10.5. Data are presented as mean ± SEM. *p < 0.05; **p < 0.01. Colors correspond to number of somite pairs in assayed embryos.


To determine whether the above craniofacial phenotypes persisted or worsened at later timepoints, embryos were harvested at E13.5 from the same intercrosses (Figure 2). While the presence of the Wnt1-Cre transgene always exacerbated E13.5 facial phenotypes, facial blebbing was detected in a subset of embryos upon combination of at least three out of four conditional alleles in the absence of the Wnt1-Cre transgene, reaching a prevalence of 83% in Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/+ embryos (n = 12; Table 2; Figures 2E,G). Further, facial hemorrhaging was noted in approximately 15% of Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/+ embryos (n = 12) and double-homozygous floxed embryos without Cre (n = 14; Table 2). These results indicate that one or both of the conditional alleles are hypomorphic. However, the fact that only 8% of Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/+ embryos exhibited facial blebbing (n = 13), and none of these embryos exhibited facial hemorrhaging (n = 13), combined with the finding that the prevalence of these phenotypes was comparable between Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/+ embryos and double-homozygous floxed embryos without Cre, in which 64% (n = 14) and 14% (n = 14) of embryos exhibited facial blebbing and hemorrhaging, respectively (Table 2), indicates that the Pdgfrbfl allele is not hypomorphic. Double-homozygous mutant embryos were recovered at Mendelian frequencies at this timepoint as well (8 embryos vs. 12 expected embryos out of 93 total, χ2 two-tailed p = 0.2557; Table 2). A fully-penetrant, overt facial clefting phenotype was observed in Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (100%; n = 12; Figure 2F') and double-homozygous mutant embryos (100%; n = 8; Figure 2H'), though not in any of the other six allele combinations from the intercrosses (n = 73; Table 2). Facial blebbing was detected in the majority of embryos among the four genotypes containing the Wnt1-Cre allele and was fully penetrant in Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (100%; n = 12; Table 2; Figures 2B,D,D',F,F',H,H'). Similarly, facial hemorrhaging was observed in the majority of embryos containing at least three out of four conditional alleles in combination with the Wnt1-Cre transgene and was fully penetrant in double-homozygous mutant embryos (100%, n = 8; Table 2; Figures 2D,D',F,F',H,H'). Together, these results demonstrate that Pdgfra and Pdgfrb genetically interact in the NCC lineage, with PDGFRα playing a more predominant role in NCC-mediated craniofacial development.



TABLE 2. Phenotypes of E13.5 embryos from intercrosses of Pdgfrafl/fl;Pdgfrbfl/fl mice with Pdgfra+/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg mice.
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FIGURE 2. Ablation of Pdgfra and Pdgfrb in the NCC lineage results in facial clefting, blebbing, and hemorrhaging at E13.5. (A–H') Gross morphology of E13.5 embryos resulting from intercrosses of Pdgfrafl/fl;Pdgfrbfl/fl mice with Pdgfra+/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg mice as viewed laterally (A–H) and frontally (A'–H'). Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg and double-homozygous mutant embryos exhibited an overt facial cleft (red arrow). Facial blebbing (green arrowheads) and facial hemorrhaging (red arrowheads) were also detected among embryos possessing a variety of allele combinations.




PDGFRα and, to a Lesser Extent, PDGFRβ Regulate cNCC Stream Size and Shape

We next introduced the ROSA26mTmG double-fluorescent Cre reporter allele (Muzumdar et al., 2007) into the above intercrosses to examine the timing, extent, and pattern of NCC migration at E9.5–E10.5. Whereas streams entering pharyngeal arches 1 (PA1) and 2 (PA2) were readily apparent in all embryos assayed at E9.5 (Figures 3A–E''), there was a trend for the stream entering PA1 to be taller along the anterior-posterior axis in Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos and especially Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos than in control Pdgfra+/+;Pdgfrb+/+;Wnt1-Cre+/Tg embryos (Figure 3F). The dorsal-ventral length of the stream entering PA1 was significantly different across one control and the four experimental genotypes (Brown-Forsythe ANOVA test p = 0.0137). Further, the length of this stream was significantly longer in Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (0.6069 ± 0.02081) compared to double-heterozygous mutant embryos (0.5252 ± 0.01524, p = 0.0252) and double-homozygous mutant embryos (0.5352 ± 0.004245, p = 0.0383), and in Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (0.6511 ± 0.03018) compared to control Pdgfra+/+;Pdgfrb+/+;Wnt1-Cre+/Tg embryos (0.4907 ± 0.03919, p = 0.0304), double-heterozygous mutant embryos (0.5252 ± 0.01524, p = 0.0179), and double-homozygous mutant embryos (0.5352 ± 0.004245, p = 0.0298; Figure 3F). While the anterior-posterior height of the stream entering PA2 was not significantly different across genotypes, the dorsal-ventral length of the stream entering PA2 was significantly longer in Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (0.3789 ± 0.01033, p = 0.0269) and Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (0.3886 ± 0.009503, p = 0.0144) compared to double-heterozygous mutant embryos (0.3285 ± 0.01171; Figure 3F). These results demonstrate that combined decreases in PDGFRα and PDGFRβ signaling lead to longer cNCC streams along the dorsal-ventral axis entering PA1 and PA2 at E9.5.
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FIGURE 3. Ablation of Pdgfra and Pdgfrb in the NCC lineage leads to longer cranial NCC (cNCC) streams entering pharyngeal arch 1 (PA1) and pharyngeal arch 2 (PA2) at E9.5. (A–E') Lateral, whole-mount fluorescence images of 4’,6-diamidino-2-phenylindole (DAPI; A–E) and GFP (A'–E') expression across five genotypes at E9.5. (B''–E'') Zoomed-in images of GFP expression in cNCC streams (outlined by dotted lines) entering PA1 and PA2. PA1, pharyngeal arch 1; PA2, pharyngeal arch 2. (F) Scatter dot plot depicting the normalized anterior-posterior heights and dorsal-ventral lengths of cNCC streams entering PA1 and PA2 across five genotypes at E9.5. Data are presented as mean ± SEM. *p < 0.05.


At E10.5, whereas double-heterozygous mutant embryos (Figures 4B–B''') and Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (Figures 4C–C''') appeared similar to control Pdgfra+/+;Pdgfrb+/+;Wnt1-Cre+/Tg embryos (Figures 4A,A') with clearly delineated NCC streams entering pharyngeal arches 3 (PA3) and 4 (PA4), Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos had streams with reduced GFP intensity and noticeable bifurcations (Figures 4D–D'''). Interestingly, the double-homozygous embryo phenotype was again less severe than that of Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos. Double-homozygous mutant embryos exhibited streams with intermediate GFP intensity and only mild bifurcations (Figures 4E–E'''). While the anterior-posterior height of the stream entering PA3 did not vary significantly across genotypes, the dorsal-ventral length of this stream was significantly different across one control and the four experimental genotypes (Welch’s ANOVA test p = 0.0403; Figure 4F). Further, the length of the stream entering PA3 was longer in Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (0.2181 ± 0.003919) compared to Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (0.1990 ± 0.002382, p = 0.0209; Figure 4F). The height of the stream entering PA4 was significantly shorter in double-homozygous mutant embryos (0.02393 ± 0.001587) compared to control Pdgfra+/+;Pdgfrb+/+;Wnt1-Cre+/Tg embryos (0.03852 ± 0.004417, p = 0.0390; Figure 4F). Finally, the length of the stream entering PA4 was significantly different across the five genotypes (Welch’s ANOVA test p = 0.0012), with Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos exhibiting significantly longer streams than those observed in every other genotype (Figure 4F).
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FIGURE 4. Ablation of Pdgfra and Pdgfrb in the NCC lineage results in longer cNCC streams entering PA3 and PA4 at E10.5, with increased incidences of stream bifurcations and intermingling. (A–E') Lateral, whole-mount fluorescence images of DAPI (A–E) and GFP (A'–E') expression across five genotypes at E10.5. (B''–E''') Zoomed-in images of GFP expression in cNCC streams (outlined by dotted lines) entering PA3 and PA4. Filled arrowhead indicates an example of a bifurcated cNCC stream. Unfilled arrowhead indicates an example of intermingling cNCC streams. (F) Scatter dot plot depicting the normalized anterior-posterior heights and dorsal-ventral lengths of cNCC streams entering PA3 and PA4 across five genotypes at E10.5. Data are presented as mean ± SEM. *p < 0.05; **p < 0.01. Colors correspond to number of somite pairs in assayed embryos.


Though we previously reported that Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos do not have obvious defects in NCC migration into the facial processes and pharyngeal arches (Fantauzzo and Soriano, 2016), we conducted a more detailed analysis here, analyzing the anterior-posterior heights and dorsal-ventral lengths of the NCC streams entering PA3 and PA4 of Pdgfrb+/fl;Wnt1-Cre+/Tg and Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos at E10.5, when we observed the most significant changes in NCC stream size in the above allelic series of embryos. These analyses revealed no significant differences in the size or shape of these streams between control and single conditional knock-out embryos (Figure 5).
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FIGURE 5. Ablation of Pdgfrb in the NCC lineage does not affect cNCC streams entering PA3 and PA4 at E10.5. (A,B) Zoomed-in images of GFP expression in cNCC streams (outlined by dotted lines) entering PA3 and PA4. (C) Scatter dot plot depicting the normalized anterior-posterior heights and dorsal-ventral lengths of cNCC streams entering PA3 and PA4 across two genotypes at E10.5. Data are presented as mean ± SEM. Colors correspond to number of somite pairs in assayed embryos.


The above allelic series of E10.5 embryos was then scored for bifurcations in streams entering PA3 and PA4 and intermingling of the two streams. For a handful of embryos with a relatively high number of somite pairs (≥39), the stream entering PA3 was no longer visible and hence was not assayed for bifurcation or intermingling with the stream entering PA4. The stream entering PA3 was not bifurcated in any of the double-heterozygous mutant embryos (n = 4), but was found to be bifurcated in 33% of Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (n = 3), 50% of Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (n = 2), and 67% of double-homozygous mutant embryos (n = 3; Table 3). Bifurcation of the stream entering PA4 was observed in 40% of double-heterozygous mutant embryos (n = 5), 67% of Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (n = 3) and was fully penetrant in Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (100%; n = 3) and double-homozygous mutant embryos (100%; n = 4; Table 3). Finally, the streams entering PA3 and PA4 were intermingled in 75% of double-heterozygous mutant embryos (n = 4) and in all Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (100%; n = 3), Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (100%; n = 2), and double-homozygous mutant embryos (100%; n = 3; Table 3). Taken together, the results at E10.5 indicate that combined decreases in PDGFRα and PDGFRβ signaling lead to longer cNCC streams with reduced GFP intensity along the dorsal-ventral axis entering PA3 and PA4, with increased incidences of stream bifurcations and intermingling.



TABLE 3. Bifurcation and intermingling of NCC streams entering PA3 and PA4 at E10.5.
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Finally, to assess the extent of NCCs and their derivatives in the facial processes at E9.5 and E10.5, we quantified GFP expression in frontal views of the head in control Pdgfra+/+;Pdgfrb+/+;Wnt1-Cre+/Tg embryos and among embryos with the four experimental genotypes (Figure 6). At E9.5, there were noticeable decreases in GFP intensity in the facial processes of experimental embryos (Figures 6B'–E') compared to control embryos (Figure 6A'), particularly in the frontonasal and MxPs. GFP fluorescence values were significantly decreased in Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (8.449 × 108 ± 7.256 × 107) compared to control Pdgfra+/+;Pdgfrb+/+;Wnt1-Cre+/Tg embryos (2.079 × 109 ± 2.539 × 108, p = 0.0317) and double-heterozygous mutant embryos (1.373 × 109 ± 1.283 × 108, p = 0.0325; Figure 6F). Moreover, while double-homozygous mutant embryos had higher GFP fluorescence values than Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos, GFP fluorescence was significantly decreased in double-homozygous mutant embryos (1.088 × 109 ± 1.022 × 108) compared to control Pdgfra+/+;Pdgfrb+/+;Wnt1-Cre+/Tg embryos (2.079 × 109 ± 2.539 × 108, p = 0.0448; Figure 6F). At E10.5, there was a marked decrease in GFP intensity in the facial processes of double-heterozygous mutant embryos (Figure 6H') compared to control Pdgfra+/+;Pdgfrb+/+;Wnt1-Cre+/Tg embryos (Figure 6G') and a further decrease in Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (Figure 6I'), Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (Figure 6J'), and double-homozygous mutant embryos (Figure 6K'). Not surprisingly, GFP fluorescence values increased with the number of somite pairs, as NCC progenitors proliferate and differentiate over time (Figure 6L). However, for embryos with 31–35 somite pairs, relative fluorescence units decreased as additional alleles were ablated, with Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg and double-homozygous mutant embryos having the lowest, and essentially equal, GFP fluorescence values (Figure 6L). Collectively, our assessment of early facial phenotypes in the context of Pdgfra and Pdgfrb ablation demonstrates that signaling through these receptors contributes to several aspects of NCC activity, including stream size, stream shape and, ultimately, the extent of their derivatives in the facial prominences. Importantly, PDGFRα signaling appears to play a more predominant role in cNCC migration than PDGFRβ.
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FIGURE 6. Ablation of Pdgfra and Pdgfrb in the NCC lineage leads to decreased NCC derivatives in the facial prominences at mid-gestation. (A–K') Frontal, whole-mount fluorescence images of DAPI (A–E,G–K) and GFP (A'–E',G'–K') expression across five genotypes at E9.5 (A–E') and E10.5 (G–K'). (F) Scatter dot plot depicting GFP fluorescence intensity across five genotypes at E9.5. Data are presented as mean ± SEM. *p < 0.05. (L) Scatter dot plot depicting GFP fluorescence intensity across five genotypes at E10.5. Data are presented as mean ± SEM. Colors correspond to number of somite pairs in assayed embryos.




PDGFRβ Plays a More Dominant Role in Proliferation of the Facial Mesenchyme Than PDGFRα Past Mid-Gestation

We next examined levels of cell death among one control, Pdgfra+/fl;Pdgfrb+/fl;Wnt1-Cre+/+, and the four experimental genotypes containing the Wnt1-Cre transgene via TUNEL. At E10.5, the percentage of TUNEL-positive cells was determined within the mesenchyme of the lateral and medial nasal processes, as well as the MxPs and MdPs. The percentage of TUNEL-positive cells was higher in the MNPs than the other locations at this timepoint for all genotypes (Figure 7A). Interestingly, in contrast to the other genotypes, no TUNEL-positive cells were found across any of the sections analyzed for Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos and double-homozygous mutant embryos in the lateral nasal processes (LNPs; Figure 7A). In the MNPs, both Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (0.5328 ± 0.2316, p = 0.0212) and Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (0.3792 ± 0.09148, p = 0.0137) had a significant decrease in apoptosis compared to control embryos (2.263 ± 0.5778). Further, there was a significant difference in the percentage of TUNEL-positive cells across all five genotypes at this location as assessed by a Welch’s ANOVA test (p = 0.0453; Figure 7A). While the level of cell death did not vary significantly between the five genotypes within the MxPs and MdPs, Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos had the highest percentages of TUNEL-positive cells at these locations (Figure 7A). In the MdP, there was a trend for each of the experimental genotypes to have a higher percentage of TUNEL-positive cells when compared to control embryos (Figure 7A). At E13.5, the percentage of TUNEL-positive cells was determined within the mesenchyme of the NS and anterior (aPS), middle (mPS), and posterior secondary palatal shelves (pPS). The percentage of TUNEL-positive cells was higher in the NS than in the secondary palatal shelves for all genotypes, consistent with the relatively high level of TUNEL-positive cells in the MNPs 3 days earlier at E10.5. Two genotypes, Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos and Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos, had a non-statistically significant increase in the percentage of TUNEL-positive cells compared to the control genotype at this location (Figure 7B). While the level of cell death did not vary significantly between the five genotypes within the secondary palatal shelves, there was a trend for each of the experimental genotypes to have a lower percentage of TUNEL-positive cells in the aPS when compared to control embryos (Figure 7B). In the mPS, three genotypes, double-heterozygous mutant embryos, Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos, and Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos, had a non-statistically significant increase in the percentage of TUNEL-positive cells compared to the control genotype (Figure 7B). Similarly, in the pPS, three genotypes, double-heterozygous mutant embryos, Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos, and double-homozygous mutant embryos, had a non-statistically significant increase in the percentage of TUNEL-positive cells compared to the control genotype (Figure 7B). Taken together, the combined TUNEL assay results demonstrate that neither PDGFRα nor PDGFRβ signaling plays a critical role in cNCC-derived facial mesenchyme survival during mid-gestation.
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FIGURE 7. Neither PDGFRα nor PDGFRβ signaling plays a critical role in cNCC-derived facial mesenchyme survival during mid-gestation. (A) Scatter dot plot depicting the average percentage of terminal deoxynucleotidyl transferase-mediated dUTP nick end labeling (TUNEL)-positive cells per embryo in the nasal processes and facial prominences across five genotypes at E10.5. Data are presented as mean ± SEM. *p < 0.05. Shades correspond to independent experiments across three biological replicates. LNP, lateral nasal process; MNP, medial nasal process; MxP, maxillary prominence; and MdP, mandibular prominence. (B) Scatter dot plot depicting the average percentage of TUNEL-positive cells per embryo in the nasal septum (NS) and secondary palatal shelves across five genotypes at E13.5. Data are presented as mean ± SEM. Shades correspond to independent experiments across three biological replicates. NS, nasal septum; aPS, anterior secondary palatal shelves; mPS, middle secondary palatal shelves; and pPS, posterior secondary palatal shelves.


We similarly examined levels of cell proliferation among one control, Pdgfra+/fl;Pdgfrb+/fl;Wnt1-Cre+/+, and the four experimental genotypes containing the Wnt1-Cre transgene via Ki67 immunofluorescence analysis. At E10.5, the percentage of Ki67-positive cells was determined within the mesenchyme of the lateral and medial nasal processes, as well as the MxPs and MdPs. The percentage of Ki67-positive cells was highest in the LNPs and lowest in the MdPs for all genotypes (Figure 8A). Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos exhibited a significant decrease in cell proliferation in the LNPs (2.882 ± 0.5367) compared to control embryos (5.003 ± 0.7518, p = 0.0450) and double-homozygous mutant embryos (4.687 ± 0.4514, p = 0.0368), as well as a significant decrease in the MxPs (2.168 ± 0.5133) compared to control embryos (4.350 ± 0.7249, p = 0.0494; Figure 8A). Interestingly, the percentage of Ki67-positive cells was consistently lower in Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos and Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos than double-homozygous mutant embryos at all locations at this timepoint (Figure 8A). As above with the TUNEL analysis, at E13.5, the percentage of Ki67-positive cells was determined within the mesenchyme of the NS and aPS, mPS, and pPS. The percentage of Ki67-positive cells was consistently lower in the NS than the secondary palatal shelves (Figure 8B). Though there were no significant differences in cell proliferation in pair-wise comparisons between genotypes in the NS, there was a significant difference in the percentage of Ki67-positive cells across all five genotypes as assessed by a Welch’s ANOVA test (p = 0.0453; Figure 8B). While the level of proliferation did not vary significantly between the five genotypes in the NS and along the anterior-posterior axis of the secondary palatal shelves, there were trends for each of the experimental genotypes to have a lower percentage of Ki67-positive cells in the NS and mPS when compared to these same locations in control embryos (Figure 8B). Intriguingly, Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos had a consistently lower percentage of Ki67-positive cells in the NS and aPS and mPS than Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos (Figure 8B). These findings indicate that both PDGFRα and PDGFRβ promote cell proliferation in the craniofacial mesenchyme, with PDGFRα playing a more predominant role in E10.5 facial structures and PDGFRβ potentially having a more pronounced effect on cell proliferation at E13.5.
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FIGURE 8. PDGFRα plays a more dominant role in proliferation of the craniofacial mesenchyme at E10.5, while PDGFRβ has a more pronounced effect at E13.5. (A) Scatter dot plot depicting the average percentage of Ki67-positive cells per embryo in the nasal processes and facial prominences across five genotypes at E10.5. Data are presented as mean ± SEM. *p < 0.05. Shades correspond to independent experiments across three biological replicates. LNP, lateral nasal process; MNP, medial nasal process; MxP, maxillary prominence; and MdP, mandibular prominence. (B) Scatter dot plot depicting the average percentage of Ki67-positive cells per embryo in the NS and secondary palatal shelves across five genotypes at E13.5. Data are presented as mean ± SEM. *p < 0.05. Shades correspond to independent experiments across three biological replicates. NS, nasal septum; aPS, anterior secondary palatal shelves; mPS, middle secondary palatal shelves; and pPS, posterior secondary palatal shelves.


To confirm a role for PDGFRβ in promoting cell proliferation past mid-gestation, we determined the percentage of Ki67-positive cells within the mesenchyme of the NS and aPS of E13.5 Pdgfrb+/fl;Wnt1-Cre+/Tg vs. Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos. The single conditional knock-out embryos exhibited a trend for decreased proliferation in the NS and a significant decrease in the percentage of Ki67-positive cells in the aPS (3.404 ± 0.5503) compared to heterozygous embryos (5.393 ± 0.3762, p = 0.0092; Figure 9).
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FIGURE 9. Ablation of Pdgfrb in the NCC lineage leads to decreased proliferation in the anterior secondary palatal shelves (aPS) at E13.5. Scatter dot plot depicting the average percentage of Ki67-positive cells per embryo in the NS and aPS in Pdgfrb+/fl;Wnt1-Cre+/Tg vs. Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos at E13.5. Data are presented as mean ± SEM. **p < 0.01. Shades correspond to independent experiments across three biological replicates. NS, nasal septum; aPS, anterior secondary palatal shelves.


We subsequently sought to determine the individual contribution of PDGFRα and PDGFRβ to proliferation of the craniofacial mesenchyme and to distinguish any potential proliferation defects from more wide-spread phenotypes observed upon ablation of Pdgfra or Pdgfrb in the NCC lineage. To do this, primary MEPM cells were dissected from E13.5 control (Pdgfra+/fl;Wnt1-Cre+/Tg or Pdgfrb+/fl;Wnt1-Cre+/Tg) and conditional knock-out (Pdgfrafl/fl;Wnt1-Cre+/Tg or Pdgfrbfl/fl;Wnt1-Cre+/Tg) littermate embryos for use in cell growth assays (Figure 10A). Primary MEPM cells are a faithful surrogate for embryonic facial mesenchyme, as wild-type cells express both PDGFRα and PDGFRβ as well as numerous additional in vivo palatal mesenchyme cell markers, and respond to stimulation with PDGF-AA, PDGF-BB, and PDGF-DD ligands (He and Soriano, 2013; Fantauzzo and Soriano, 2014, 2016, 2017; Vasudevan and Soriano, 2014; Vasudevan et al., 2015). Even after a single day in growth medium containing 10% FBS, control Pdgfrb+/fl;Wnt1-Cre+/Tg cells [0.1077 ± 0.01233 arbitrary units (AUs); Figure 10C] had grown about half as much as control Pdgfra+/fl;Wnt1-Cre+/Tg cells (0.2217 ± 0.07322 AU; Figure 10B). All cells grown in starvation medium containing 0.1% FBS, both control and conditional knock-out, immediately proliferated less than cells of the same genotypes grown in growth medium (Figures 10B,C). These trends continued after 5 days in culture, at which point significant differences were detected in all comparisons with the exception of Pdgfrbfl/fl;Wnt1-Cre+/Tg cells, which did not proliferate significantly more in medium containing 10% FBS than in medium containing 0.1% FBS (Figures 10B,C). Importantly, conditional knock-out cells consistently fared worse than their control counterparts in both growth and starvation medium, though this difference was more pronounced in Pdgfrb+/fl;Wnt1-Cre+/Tg vs. Pdgfrbfl/fl;Wnt1-Cre+/Tg cells following 6 days in culture. At this time, control Pdgfra+/fl;Wnt1-Cre+/Tg cells cultured in growth medium (0.8773 ± 0.08867 AU) had proliferated approximately 1.8 times the extent of Pdgfrafl/fl;Wnt1-Cre+/Tg cells (0.4885 ± 0.03203 AU, p = 0.0357; Figure 10B), while control Pdgfrb+/fl;Wnt1-Cre+/Tg cells (0.5897 ± 0.03588 AU) cultured in growth medium had an absorbance reading roughly 2.5 times that of Pdgfrbfl/fl;Wnt1-Cre+/Tg cells (0.2394 ± 0.05482 AU, p = 0.0018; Figure 10C). Similarly, while there were no significant differences in absorbance readings between control Pdgfra+/fl;Wnt1-Cre+/Tg and Pdgfrafl/fl;Wnt1-Cre+/Tg cells cultured in starvation medium (Figure 10B), control Pdgfrb+/fl;Wnt1-Cre+/Tg cells (0.2047 ± 0.009821 AU) cultured in starvation medium demonstrated a significant increase in absorbance reading over that of Pdgfrbfl/fl;Wnt1-Cre+/Tg cells (0.1084 ± 0.01588 AU, p = 0.0022; Figure 10C). Taken together, these results confirm the Ki67 immunofluorescence findings and reveal that PDGFRβ plays a more dominant role in proliferation of the facial mesenchyme than PDGFRα past mid-gestation.
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FIGURE 10. PDGFRβ plays a more dominant role in proliferation of primary MEPM cells than PDGFRα. (A) Experimental design for cell growth assays. (B) Line graph depicting absorbance values at 590 nm in Pdgfra+/fl;Wnt1-Cre+/Tg vs. Pdgfrafl/fl;Wnt1-Cre+/Tg primary MEPM cells across conditions. Data are presented as mean ± SEM. *p < 0.05; **p < 0.01; ***p < 0.001. (C) Line graph depicting absorbance values at 590 nm in Pdgfrb+/fl;Wnt1-Cre+/Tg vs. Pdgfrbfl/fl;Wnt1-Cre+/Tg primary MEPM cells across conditions. Data are presented as mean ± SEM. **p < 0.01.





DISCUSSION

Here, we report the first detailed phenotypic characterization of mouse embryos in which both Pdgfra and Pdgfrb are ablated in the NCC lineage. Our results reveal that the two receptors genetically interact in this lineage during embryogenesis, as phenotypes observed in an allelic series of mutant embryos often worsened with the addition of conditional alleles. We characterized defects in craniofacial development at mid-gestation resulting from combined loss of Pdgfra and Pdgfrb, including incidences of facial clefting, blebbing, and hemorrhaging. These results confirm the phenotypes we observed from mid-to-late-gestation upon combining the constitutive PdgfraPI3K allele together with the conditional Pdgfrbfl allele and the Wnt1-Cre driver (Fantauzzo and Soriano, 2016) and significantly extend those findings by exploring the cellular mechanisms through which these phenotypes arise. The defects observed here were shown to stem from aberrant cNCC migration, as well as reduced proliferation of the facial mesenchyme upon combined decreases in PDGFRα and PDGFRβ signaling. At present, however, our results cannot distinguish between synergistic effects of the two receptors on cNCC activity or whether the observed defects stem from non-redundant roles of PDGFRα and PDGFRβ in this lineage. Importantly, we found that PDGFRα plays a predominant role in cNCC migration while PDGFRβ primarily contributes to proliferation of the facial mesenchyme past mid-gestation.

Our E13.5 gross morphology results further confirm that the Pdgfra conditional allele used in this study is hypomorphic, as facial blebbing and facial hemorrhaging were detected at increased incidences in embryos homozygous for this allele in the absence of the Wnt1-Cre transgene. While mice heterozygous for a Pdgfra null allele are viable (Soriano, 1997), Pdgfrafl/− embryos are not, exhibiting multiple phenotypes such as spina bifida and cleft palate (Tallquist and Soriano, 2003; McCarthy et al., 2016). Further, Pdgfrafl/fl mice in our own colony, which are maintained through homozygous intercrosses, generate small litters (average litter size of 4.2 pups at 5–10 days after birth compared to an average of 5.8 pups for wild-type 129S4 litters; p = 0.0013) and have shortened snouts with a pigment defect at the facial midline (data not shown). It has been hypothesized that these hypomorphic phenotypes arise due to the presence of a neomycin resistance cassette in the floxed allele that reduces expression of Pdgfra (Tallquist and Soriano, 2003). Hypomorphic phenotypes have not previously been attributed to the Pdgfrbfl allele, and Pdgfrbfl/fl mice in our colony, which are also maintained through homozygous intercrosses, give birth to litters of expected sizes (average litter size of 6.2 pups at 5–10 days after birth compared to an average of 5.8 pups for wild-type 129S4 litters; p = 0.2998).

It is useful to compare and contrast the defects observed in the allelic series of embryos analyzed here with single-homozygous mutant embryos. As mentioned above, a previous analysis found fewer NCCs in PA3–6 in E10.5 Pdgfrafl/fl;Wnt1-Cre+/Tg embryos, with bifurcation of the streams entering these arches in a subset of embryos (He and Soriano, 2013). These results are consistent with the findings here, in which Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos exhibited cNCC streams with significantly altered sizes, reduced GFP intensity, and noticeable bifurcations compared to the other embryos analyzed. While it is tempting to speculate that these phenotypes stem from defective cNCC directional migration in this context, additional experiments will be required to test this hypothesis. Further, our Ki67 results at E10.5 demonstrated significantly decreased proliferation in the LNPs and MxPs of Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos vs. control embryos. This finding is consistent with observed decreases in proliferation in the frontonasal process of E9.5 Pdgfrafl/fl;Wnt1-Cre+/Tg embryos as assessed by BrdU staining (He and Soriano, 2013) and in primary MEPM cells derived from PdgfraPI3K/PI3K embryos in response to PDGF-AA ligand treatment (He and Soriano, 2013; Fantauzzo and Soriano, 2014), but contrasts with previously-observed decreases in proliferation in the MNPs of E11.5 Pdgfrafl/fl;Wnt1-Cre+/Tg embryos (He and Soriano, 2013, 2015). Importantly, our findings are the first to demonstrate a role for PDGFRβ in regulating cNCC migration and proliferation in the developing mouse embryo. While Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos do not have cNCC migration defects, the size of cNCC streams entering PA1 and PA2 were significantly longer in Pdgfra+/fl;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos than double-heterozygous embryos, indicating that PDGFRβ signaling contributes to cNCC migration. However, signaling through this receptor appears to play a more prominent role in facial mesenchyme proliferation, even more so than signaling through PDGFRα. We detected a 37% decrease in cell proliferation in the aPS of E13.5 Pdgfrb conditional knock-out embryos compared to heterozygous littermates, which is greater than the decreases in proliferation detected in Pdgfra conditional knock-out embryos in the frontonasal process at E9.5 and the MNP at E11.5 (He and Soriano, 2013).

Interestingly, in several parameters examined here, including the lengths of cNCC streams entering the PAs and the percentage of Ki67-positive cells in the LNPs at E10.5, the phenotype of Pdgfrafl/fl;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos was significantly more severe than that of double-homozygous mutant embryos. This result is contrary to our previous observations in which PdgfraPI3K/PI3K;Pdgfrb+/fl;Wnt1-Cre+/Tg embryos did not exhibit facial clefting at E13.5, while this phenotype was fully penetrant in PdgfraPI3K/PI3K;Pdgfrbfl/fl;Wnt1-Cre+/Tg embryos (Fantauzzo and Soriano, 2016). The most likely explanation for this finding is that reduced, but not absent, PDGFRβ signaling has a negative effect on cNCC activity and subsequent facial development in a context in which PDGFRα signaling is completely abolished, as observed here. Further studies will be required to determine the mechanism(s) by which this phenomenon occurs.

In Xenopus, pdgfra is expressed by pre-migratory and migratory cNCCs, while its ligand pdgfa is expressed in pre-migratory NCCs and the tissues surrounding migratory NCCs (Bahm et al., 2017). Functional studies revealed dual roles for PDGF-A-dependent PDGFRα signaling in NCC development. During early NCC migration, PI3K/Akt-mediated PDGFRα signaling cell autonomously upregulates N-cadherin to promote contact inhibition of locomotion and cell dispersion. Following initiation of the epithelial-to-mesenchymal transition, migrating NCCs chemotax toward PDGF-A ligand in the surrounding tissue, resulting in directional migration (Bahm et al., 2017). The ligand pdgfb is also expressed in tissues adjacent to migrating NCCs in Xenopus embryos (Giannetti et al., 2016) and knock-down of this ligand results in impaired cNCC migration and defective development of the craniofacial cartilages and cranial nerves in a subset of morpholino-injected embryos (Corsinovi et al., 2019). In zebrafish, pdgfra is similarly expressed by pre-migratory and migratory cNCCs, while its ligand pdgfaa is correspondingly expressed at early stages in the midbrain and later in the oral ectoderm (Eberhart et al., 2008). A hypomorphic zebrafish mutant of pdgfra exhibits palatal clefting and a shortened neurocrania due to defective cNCC migration (Eberhart et al., 2008; McCarthy et al., 2016). Pdgfrb is also expressed by migratory cNCCs in zebrafish, and the phenotypes observed in pdgfra mutants are exacerbated in double pdgfra;pdgfrb mutant fish in which cNCCs fail to properly condense in the maxillary domain (McCarthy et al., 2016). In contrast to a previous study in which cNCC migration was reportedly unperturbed upon combined ablation of Pdgfra and Pdgfrb in the murine NCC lineage (Richarte et al., 2007), our results confirm the findings in lower vertebrates that both receptors play a role in NCC migration and that aspects of the phenotype observed upon conditional ablation of Pdgfra in the NCC lineage are exacerbated in double-homozygous mutant embryos.

In summary, our findings provide insight into the distinct mechanisms by which PDGFRα and PDGFRβ signaling regulate cNCC activity and subsequent craniofacial development in a mammalian system. Future studies will seek to identify the intracellular signaling molecules and gene expression responses that mediate the effects of these receptors on migration and proliferation.
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Directed cell migration is essential all along an individual’s life, from embryogenesis to tissue repair and cancer metastasis. Thus, due to its biomedical relevance, directed cell migration is currently under intense research. Directed cell migration has been shown to be driven by an assortment of external biasing cues, ranging from gradients of soluble (chemotaxis) to bound (haptotaxis) molecules. In addition to molecular gradients, gradients of mechanical properties (duro/mechanotaxis), electric fields (electro/galvanotaxis) as well as iterative biases in the environment topology (ratchetaxis) have been shown to be able to direct cell migration. Since cells migrating in vivo are exposed to a challenging environment composed of a convolution of biochemical, biophysical, and topological cues, it is highly unlikely that cell migration would be guided by an individual type of “taxis.” This is especially true since numerous molecular players involved in the cellular response to these biasing cues are often recycled, serving as sensor or transducer of both biochemical and biophysical signals. In this review, we confront literature on Xenopus cephalic neural crest cells with that of other cell types to discuss the relevance of the current categorization of cell guidance strategies. Furthermore, we emphasize that while studying individual biasing signals is informative, the hard truth is that cells migrate by performing a sort of “mixotaxis,” where they integrate and coordinate multiple inputs through shared molecular effectors to ensure robustness of directed cell motion.

Keywords: directed cell migration, neural crest, morphogenesis, durotaxis, chemotaxis, galvanotaxis, electrotaxis, mixotaxis


INTRODUCTION

Finding a solution to trigger directed cell migration is simple. An external signal that cells can interpret needs to be spatially organized. Then, cells can use that signal to generate a front–rear polarity allowing directional movement along that cue. Very much like drivers following road signs. Many inputs (e.g., chemical, mechanical, electrical, topological) can be shown to fulfill this function in controlled and simplified experiments (Zhao et al., 2006; Capuana et al., 2020; Zhu et al., 2020). However, living systems were not engineered by a designer to strictly follow a set of specifications in a logical manner that is then validated by external quality controls. Instead, in vivo migrating cells are often exposed to an overwhelming range of inputs which may at best appear to have no obvious hierarchy and at worst to be contradictory. Yet, the migratory response of cells to such convoluted environments is still logical. In addition, each polarity cue may not be as neatly organized as it would in an in vitro assay. Further, some cells may display a given migratory behavior while their neighboring tissues do not. Hence, there may be cooperation, coordination and/or competition between directionally migrating cells and the activities of their neighbors. Furthermore, a given input may lead to different responses in different cell populations within the same time window indicating that the directional information is not carried by the signal itself but generated as a result of the interplay between cells and a given signal or set of signals (we discuss examples hereafter). This can be equated to how geneticists view the phenotype as a result of the interaction between a genotype and the local environment of an organism. Yet, for cells willing to undertake directed migration, it all comes down to two simple facts: (i) cells need to propel themselves and (ii) establish and sustain a front–rear polarity. This means that all inputs have to be somewhat integrated by a cell for a directional behavior to emerge. In groups of cells, intercellular communication may in addition lead to emerging properties such that what a cell collective does may differ from what a single cell would do in a similar context (Theveneau et al., 2010). Hence, unveiling the mechanisms that control directed cell migration in its full complexity could have countless impacts in our understanding of intricate morphogenetic events. In addition, a more integrative approach to directed cell migration would help designing effective ways to hinder cancer metastasis, improve wound healing or contribute to new methods for ex vivo organ patterning in the context of regenerative medicine. In this review, we used the Xenopus cephalic neural crest (NC) cells, an embryonic stem cell population that collectively and directionally migrates (Gouignard et al., 2018), as an example to discuss the complexity of the control of directed cell migration. We address first how motility is initiated in NC cells before discussing the strategies displayed by cells in order to bias their motion and perform directed cell migration. Drawing parallels between NC results and findings about directed cell migration in other cell types, we propose some working hypotheses for signal integration and the emergence of directional motion.



THE NEURAL CREST, EMT, AND THE ONSET OF CELL MOTION

NC are induced during mid to late gastrulation stages at the interface between the neural and non-neural ectoderm and between the epidermis and mesoderm (Figure 1). They later leave the dorsal neuroepithelium to collectively migrate throughout the developing embryo. Anterior NC cells make an outstanding contribution to the head morphology and sensory structures by providing cartilage and bones, meninges that surround the brain, smooth, and striated muscle cells and tendons as well as pigments cells among other structures (Dupin et al., 2006). In addition, NC cells cooperate with placodal cells to form the cephalic peripheral nervous system (Theveneau and Mayor, 2011). Cranial placodes are discrete thickenings of the ectoderm that produce some of the neurons that in turn form the cranial ganglia (Schlosser, 2014). The rest of the neurons and the glial cells are provided by the cephalic NC cells (Theveneau and Mayor, 2011). NC cells are an extremely powerful model to investigate cell migration. Their timing and pattern of migration has been documented in multiple species allowing comparative studies (Theveneau and Mayor, 2012). In chicken, mice and Xenopus embryos, NC cells can be manipulated in vivo and ex vivo, thanks to well-defined culture conditions. This has allowed researchers to perform in-depth cell and molecular biology studies. Whereas in genetically tractable species (e.g., zebrafish and mouse), transgenic lines have been generated for long-term observation and targeted molecular manipulation of these cells. In addition, the first part of NC cell migration occurs superficially, especially in cephalic regions, permitting direct observation of cell behavior by time-lapse cinematography in fish, chick or amphibians.
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FIGURE 1. Overview of neural crest migration. (A–C) Diagrams depicting the position of NC cells (shades of brown to magenta) with respect to the placodal region (light blue) at pre-migration (stage 18), early migration (stage 21), and late migration (stage 25). EMT is progressively implemented as NC migration proceeds. Brown NC cells are more epithelial while magenta star-shaped NC cells are more mesenchymal. Top and bottom rows shows lateral views and dorsal views, respectively. Orientations and structures are indicated on the figure. Ot. ves., otic vesicle.


The first step toward directed motion is for cells to acquire motile capabilities. NC cells initiate migration by undergoing epithelial-mesenchymal transition (EMT). EMT leads to a qualitative and quantitative remodeling of adhesive properties, cytoskeleton dynamics and cell polarity such that cells have transient adhesions to one another, display faster membrane dynamics and go from apicobasal polarity associated with epithelial state to a front–rear polarity associated with motility. EMT is performed by a series of non-obligatory steps such that cells that initiate EMT do not systematically complete it (Yang et al., 2020) and is reversible (Pei et al., 2019). EMT in Xenopus NC cells is better described as a partial EMT with cells migrating at high cell density with frequent transient physical contacts via functional adherens junctions, as recently discussed (Gouignard et al., 2018).

Canonical EMT is controlled by an array of transcription factors whose expression is detected many hours before NC migration is initiated. In Xenopus, cephalic NC migration starts around stage 19–20 when the neural folds closure nears completion to form the neural tube. Nonetheless, the expression of key EMT transcriptional regulators such as Snail2 or Twist1 starts in NC cells at stages 12 and 14, respectively. One of the main targets of these factors is the cell–cell adhesion receptor E-cadherin (CDH-1) whose expression only starts to decrease in the NC at around stage 17.5 (Scarpa et al., 2015), suggesting that Snail2 and Twist1 may not be recruited to the E-cadherin promoter or that they may not even be active until stage 17.5. One way to control transcription factors’ activity is to regulate their entry into the nucleus. Intriguingly, in mammalian cell lines, Twist has been shown to be imported to the nucleus when cells are exposed to stiff substrates (Wei et al., 2015; Fattet et al., 2020). In this situation, EphA2 is activated in a ligand-independent manner and leads to the phosphorylation of Twist via LYN kinase. This frees Twist from its cytoplasmic anchor G3BP2 and allows it to enter the nucleus. This is particularly interesting in the context of NC development because the onset of NC migration in Xenopus has been linked to the local increase of stiffness underneath the cephalic crest generated by the convergent extension movement of the mesoderm toward the midline of the embryo (Barriga et al., 2018). In addition, Twist expression is under the control of the Hif signaling pathway which also controls the expression of CXCR4, the receptor for the chemokine CXCL12/Stromal cell-derived factor 1 (Sdf1) (Barriga et al., 2013). Interestingly, in renal carcinoma cells, Hif1α and CXCR4 have been shown to take part in a feed forward loop for nuclear translocation such that, via a direct physical interaction between the two proteins, nuclear accumulation of CXCR4 favors entry of HIF-1α and HIF-1α then further promotes CXCR4 expression (Bao et al., 2019). Thus, one can propose a model in which Hif-1α primes NC cells for EMT and directional migration by regulating Twist and CXCR4 expressions until mesoderm stiffness reaches a threshold suitable for migration. Twist1 is not the main and certainly neither the only EMT-associated NC transcription factor, however, to date it is the most likely candidate to mediate a “rapid” response to environmental cues. Another example is that of Sox10, this transcription factor constantly shuttles between the nucleus and the cytoplasm and docks at the surface of mitochondria (Rehberg et al., 2002; Mou et al., 2009). However, experimental assessment of Sox10’s function ties it to lineage decisions rather than NC migration in Xenopus (Aoki et al., 2003; Honore et al., 2003). Whether Sox10’s nuclear localization is also mechanically controlled remains to be explored. In any case, controlling the emergence of cell motility does not explain directionality per se. Such cell intrinsic motility needs to be iteratively biased to sustain directed motion. The rest of this review is dedicated to the various cues that might bias NC directed motion.



CHEMOTAXIS

The directional migration of NC cells could be explained by chemotaxis, the ability of cells to follow gradients of soluble guidance cues (Figure 2a). As mentioned, NC and placodes cooperate to form the cephalic peripheral nervous system. Interestingly, NC and placodes interact early on during head morphogenesis and this interaction is crucial for directional migration of NC cells (Culbertson et al., 2011; Theveneau et al., 2013). Prior to the onset of NC migration, NC and placodes are located in adjacent domains of the lateral ectoderm. NC are on either side of the neural plate and the placodes are surrounding the NC domains and the anterior neural plate, forming a horseshoe-shaped zone (Figure 1). Placodes secrete CXCL12 that promotes cell-matrix adhesion and motility via activation of Rac1 in NC cells (Theveneau et al., 2010, 2013; Bajanca et al., 2019). The presence of this chemokine stimulates migration such that NC move toward the CXCL12-producing placodes. When NC cells and placodes make a physical contact they exhibit contact-inhibition of locomotion (CIL), an active repolarization process upon cell–cell contact that leads to cells moving away from each other (Stramer and Mayor, 2017). However, placodes and NC cells do not have the same migratory capabilities. Placodes at this stage are epithelial, located in the deep layer of the ectoderm and are barely motile. NC cells being more active, they are systematically the ones filling local gaps between cells generated by the CIL response. This creates a bias that favors lateral migration of the crest cells toward the placode domain. Thus, once NC migration is initiated there is a progressive shift of the placodal cells laterally/ventrally that displaces the source of CXCL12. This has been proposed to generate a feed forward loop driving directed movement of both cell populations from medial to lateral (Theveneau et al., 2013; Figure 1). At first glance, this mechanism explains the directional movement of the NC cells and the progressive redistribution of placodes during head morphogenesis via a combination of CXCL12-dependent chemotaxis and heterotypic contact-inhibition between NC and placodes. So, what is missing?


[image: image]

FIGURE 2. Neural crest “mixotaxis.” (a) The classical view of cephalic NC cell directed cell migration in Xenopus laevis. NC cells become motile via EMT and exhibit a collective behavior [collective cell migration (CCM)] due to a balance between dispersion (CIL) and mutual attraction (or co-attraction, CoA). Placodes, located in the lateral ectoderm, produce CXCL12, a well-known chemoattractant. NC cells express the main CXCL12 receptor, Cxcr4. NC are migrating toward latero-ventral territories due to CXCL12-dependent chemotaxis. (b) The current view of cephalic NC cell directed cell migration in Xenopus laevis in which CXCL12, by promoting cell-matrix adhesion, contributes to defining permissive areas for cell migration in the context of a biased distribution of topological features. These include chemical and physical cues and requires a minimal stiffness of the surrounding tissue for cell migration to proceed. The main difference with the classical view is that precise and biased spatial distribution of secreted molecules is dispensable. (c) A speculative view of what the actual control of cephalic NC cell directed cell migration in Xenopus laevis might look like with the inclusion of additional features such as a hypothetical graded distribution of stiffnesses (Durotaxis) and electric fields (Galvanotaxis) at tissue scale as well as iterative biases in topography at cellular and subcellular scales (Ratchetaxis). While most of these features can be experimentally disentangled under controlled ex vivo experiments, none of these cues relies on a specific set of molecular sensors and effectors but rather share downstream signal transduction machineries leading to cell adhesion and polarity. Therefore, in vivo, each input (e.g., chemical, mechanical, electrical) is likely to extensively feed into the others leading to the exciting idea that, in their native environment, NC cells may achieve directed migration by performing a sort of “mixotaxis.” See main text for details.


There are several caveats. First, we infer lots of in vivo directional migratory behaviors and mechanisms (chemotaxis, haptotaxis, ratchetaxis, durotaxis) from in vitro data which in general show that cells have the ability to interpret and follow such signals. Nonetheless, clear demonstration of their actual implication in directed cell migration in vivo is tough, owing to the complex nature of native environments. Some of these directional cues are also not easy to distinguish from one another. In particular, it is difficult to assess whether cells undergo chemotaxis (soluble signal) vs. haptotaxis (bound signal) in vivo. For instance, CXCL12 and VEGFA, common examples of putative NC chemotactic cues (McLennan et al., 2010; Theveneau et al., 2010), are capable of binding to the extracellular matrix and we still do not understand whether their physiological relevance is linked to a soluble or a bound state. Also, graded distribution of a signal is not a proof that cells are detecting it or reading it. In the case of CXCL12 and VEGFA such unequivocal proof of graded distribution of the protein along migratory paths has not been obtained. Moreover, while CXCL12 is a powerful chemotactic factor for NC in vitro (Theveneau et al., 2010), its spatial distribution is dispensable in vivo as it primarily acts by promoting adhesion to the extracellular matrix rather than giving clear direction to the cells (Bajanca et al., 2019). This has been demonstrated by showing that in vivo directed NC migration can occur in the absence of CXCL12/CXCR4 signaling if Rac1 is homogenously and iteratively activated in NC cells to allow for cell-matrix adhesions to form (Bajanca et al., 2019). This suggests that CXCR4-CXCL12 may work as a chemokinetic factor (promoting motility via cell-matrix adhesion) rather than a chemotactic one (biasing directionality). If CXCR4-CXCL12 signaling does not provide a directional bias what are the mechanisms ensuring sustained directed motion and how does CXCR4-CXCL12 integrate with them?



DUROTAXIS

Durotaxis is the directed motion of cells according to local gradients of rigidity (stiffness) with cells moving from compliant to rather stiff regions of a given substrate (Lo et al., 2000). For example, in Xenopus, cell proliferation drives local changes in brain tissue stiffness, creating local gradient that are followed by axons of developing neurons (Thompson et al., 2019). Given that NC cells are able to sense differences in rigidity and that stiffness of the underlying mesoderm is a key factor for the initiation of NC migration (Barriga et al., 2018), one could also propose that there might be a gradient from dorsal to ventral promoting stiffness-dependent directional migration. The main driver of this observed increase of stiffness is the local accumulation of mesodermal cells underneath the NC domain (Barriga et al., 2018). In the trunk, the medio-dorsal mesoderm aggregates as somites and thus is denser than the ventro-lateral mesoderm (Figure 2). Therefore, if there is a cell density associated gradient of mesoderm stiffness it would be oriented ventro-dorsally which is opposite to the direction of trunk NC migration. In the head, where mesoderm does not form somites, such spatial distribution of cell density and stiffness has not been assessed so far. Though, published data suggest that the emergence of such a gradient is unlikely owing to the high degree of mechanical heterogeneities observed in that region (Barriga et al., 2018). Yet, even if true, such gradient of stiffness leading to durotaxis could not be seen as an absolute signal that would restrict any kind of cell movement in a dorsoventral manner. While cephalic NC cells are migrating ventralward, the surface ectoderm is moving dorsalward to accompany dorsal neural tube closure. In addition, myeloid cells (macrophages) are undergoing random migration from the cardiac region to survey the entire developing embryo (Agricola et al., 2016). Myeloid cells migrate as single cells, display extensive dispersion, and cross areas that NC cells are completely unable to use. Thus, during head morphogenesis, there are concomitant migration events (e.g., epidermis, neural crest, myeloid cells) that follow different directions despite sharing a common environment. This highlights the importance of considering the interaction between cells and the environment as the main driver of cell behavior rather than intrinsic cell motility.

Mechanosensing of the substrate requires functional cell-matrix adhesions. Thus, in NC cells, the putative distinction between durotaxis and chemotaxis/chemokinesis downstream of CXCR4 is further blurred by the fact that CXCL12 regulates cell-matrix adhesion (Bajanca et al., 2019). This does not mean that CXCR4 is involved in mechanosensing in NC cells. Instead, we could see CXCR4 signaling as priming cells to undergo mechanosensing by allowing them to functionally interact with the matrix. Interestingly, cell-matrix adhesion in cephalic NC cells also involves cadherins (Huang et al., 2016; Langhe et al., 2016). There is an indirect role such that contact-dependent cell polarity primes NC cells to respond to CXCR4 signaling (Theveneau et al., 2010). But there is also a direct role of cadherins. During migration, inhibiting E-cadherin affects adhesion to fibronectin rather than cell–cell adhesion (Huang et al., 2016) and cadherin-11 actively contributes to the formation of focal adhesion (Langhe et al., 2016). This means that we should regard EMT as a way to coordinate the quantitative and qualitative changes in cell–cell and cell-matrix adhesions rather than as a mechanism for cell dispersion in which loss of cell–cell adhesion and motility would be regulated in parallel and as purely cell autonomous properties.

Cadherins take part in regulating cell-matrix adhesions (directly and indirectly) and cell-matrix adhesions are needed to sense substrate stiffness. In turns, when substrate stiffness reaches a threshold it promotes Twist nuclear entry which favors cadherin repression. One wonders about the molecular control of such intricate feedback loops. It could also mean that what has been labeled as CXCR4-dependent chemotaxis might be part of a global change of adhesive property taking place during EMT that prepares cells for efficient stiffness sensing. The existence of stiffness gradients around the cephalic NC cells is still highly speculative. But do cells need such spatially organized mechanical cue to promote directed movement? If so, how could we distinguish durotaxis from the so-called chemotaxis?



CONFINEMENT, TOPOLOGICAL BIASES, AND RATCHETAXIS

During EMT, cells pass from stable to transient cell–cell adhesions and this favors cell dispersion in vitro. This is further accentuated by CIL that biases cell’s front–rear polarity such that cells move away from cell–cell contacts. However, in vivo, cephalic NC cells migrate at high cell density and do not undertake widespread dispersion despite EMT and CIL. The reason for this is that NC cells actively sense and follow each other via complement factor C3a signaling (Carmona-Fontaine et al., 2011) and are constrained by their surrounding tissues physically and chemically (Szabo et al., 2016). When NC cells initiate migration, there are several epithelial structures around them such as the neural plate/tube, the eye, the epidermis, and the cranial placodes. Placodes, as discussed above, are slowly displaced by NC cells such that they organize as discrete structures forming dorsoventral corridors restricting NC migration (Figure 1). This is reinforced by the fact that placodes are also the source of negative regulators of NC motility such as semaphorins rendering their vicinity non-permissive for migration (Yu and Moens, 2005; Bajanca et al., 2019). Interestingly, physical and chemical confinement together with intrinsic motility, CIL and mutual attraction are sufficient to drive directed NC migration even in absence of a stiffness gradient or a chemotactic cue (Szabo et al., 2016; Szabó et al., 2019).

Another putative level of signaling interplay in this context is related to the fact that CXCR4 can physically interact with C3aR, the receptor of C3a, the chemokine mediating NC cell gregarious behavior (Carmona-Fontaine et al., 2011). C3 signaling can enhance CXCR4 signaling and both receptors colocalize in lipid rafts (Honczarenko et al., 2005; Ratajczak et al., 2006; Wysoczynski et al., 2007). Interestingly, lipid rafts are mechanosensitive (Fuentes and Butler, 2012). Thus, stiffness of the mesoderm underlying cephalic NC cells may also modulate a putative C3aR/CXCR4 cooperative signaling by promoting lipid raft remodeling. C3a-dependent mutual attraction increases the likelihood of transient cell–cell contacts. These contacts are known to block Rac1 activity at the site of transient junctions but also to promote an overall increase of Rac1 level in the cells (Theveneau et al., 2010; Carmona-Fontaine et al., 2011). In addition, CXCR4 also promotes Rac1 activity and Rac1 is a key factor in protrusion and focal adhesion formation in cephalic NC cells (Theveneau et al., 2010). Thus, a lack of mutual attraction might also reduce the ability of NC cells to sense substrate stiffness (by lowering the ability to polarize and form cell-matrix adhesions) and might act a selection mechanism to prevent extensive migration of cells that are unable to properly interact with one another. A similar hypothesis could be drawn from the fact that N-cadherin-deficient cephalic NC cells disperse better in vitro but fail to polarize efficiently, do not migrate extensively in vivo and show signs of weaker cell-matrix adhesion (Kuriyama et al., 2014). This is even more relevant knowing that, in other cells, N-cadherin junctions can be regulated by the association of N-cadherin with lipid rafts and F-actin (Causeret et al., 2005). Thus, cross-regulating cell–cell interaction (N-cadherin and C3) and cell-matrix adhesion (Rac1, CXCR4) in a stiffness-dependent manner during collective cell migration may be a robust way to ensure that only functional cells can efficiently travel together to their final location.

Another level of integration could be mediated by proteases. Xenopus NC cells express Matrix Metalloproteinase MMP14 (a.k.a. MT1-MMP) (Tomlinson et al., 2009; Garmon et al., 2018). Interestingly, MMP14 can cleave Fibronectin (Shi and Sottile, 2011) the main substrate of cephalic NC migration but also inactivates CXCL12 by removing a few of its N-terminal aminoacid (McQuibban et al., 2001). This is even more interesting knowing that CXCL12 exhibit a high binding affinity for Fibronectin (Pelletier et al., 2000). Therefore, Xenopus cephalic NC cells could use MMP14 to remodel Fibronectin (e.g., organization, density), release CXCL12 from the matrix (haptotaxis vs. chemotaxis/chemokinesis) and inactivate CXCL12. This would further crosslink CXCR4-dependent cell-matrix adhesion with mechanosensing and blurs the lines between chemo and haptotaxis.

Xenopus cephalic NC cells are clearly exposed to a topologically biased environment at the onset of migration favoring ventralward migration. The medial part of the embryo with the neural plate/tube acting as an epithelial obstacle which releases several inhibitors of migration and a lower content in fibronectin than the lateral regions (Bajanca et al., 2019) is definitively an unfavorable territory for migration. However, it is unclear if in vivo cells experience repeated geometrical or mechanical anisotropy in environment organization known to generate ratchetaxis (Caballero et al., 2015). A more relaxed view of this concept relies on repeated topological anomalies (e.g., repetition of narrow and large spaces) that cells have to cross (Reversat et al., 2020). An important difference between topological bias and confinement as discussed above and ratchetaxis or its declinations is the scale at which these mechanisms act. The aforementioned chemical/physical topological bias acts at tissue scale, defining broad domains that are unsuitable for migration, whereas ratchetaxis occurs as the single cell level or subcellular level biasing individual cell polarity and cytoskeleton dynamics. We currently do not have tools to investigate whether ratchetaxis and the likes are indeed physiologically relevant for Xenopus NC cell migration. A detailed analysis of extracellular matrix composition and organization over time as well as a clear quantification of the roughness index of the NC migratory environment would need to be performed with modern tools. Even if repeated topological biases at microscopic scale would be observed it is unclear how such biases would be implemented and maintained in 4D throughout head morphogenesis to sustain directed NC migration over time. In addition to MMP14 discussed above, MMP2, 3, 7, 9, 11, 13, 15, 16, 18, 20, 24, and 28, as well as multiple ADAMs, are expressed by cephalic NC cells or produced by the environment they cross during migration (see Christian et al., 2013, Table 1 in Gouignard et al., 2020 and references therein). Thus, in this context, the likelihood of relatively stable and iteratively distributed topological or mechanical cue (a requirement for ratchetaxis) along the dorsoventral path of cephalic NC migration appears quite low.



GALVANO/ELECTROTAXIS

Another mechanism that can generate directed cell motion is the detection of electric fields, known as galvanotaxis (or electrotaxis). Interestingly, in mammalian cell lines, lipid rafts were shown to take part in galvanotaxis (Lin et al., 2017) and electric fields also affect the GSK3β-dependent polarization of the Golgi apparatus (Cao et al., 2011) which helps organizing the non-centrosomal microtubule network, a key player in front–rear cell polarity (Meiring et al., 2020). GSK3β is required for cephalic NC migration in Xenopus (Gonzalez Malagon et al., 2018) and is a known regulator of Snail cytoplasmic-nuclear shuttle (Muqbil et al., 2014). Thus, by regulating C3aR/CXCR4 carrying lipid rafts and GSK3β, electric fields might be acting on multiple levels during Xenopus NC cell migration: EMT, front-rear polarity, cell–cell, and cell-matrix adhesions. The ability of trunk NC cells to undergo galvanotaxis was shown using quail, Xenopus and axolotl embryos trunk neural tube explants in vitro, which were sometimes cultured for days before fields were applied (Stump and Robinson, 1983; Cooper and Keller, 1984; Nuccitelli and Smart, 1989; Gruler and Nuccitelli, 1991; Nuccitelli et al., 1993). However, to our knowledge, electrotaxis has not been assessed in primary cephalic Xenopus NC cell culture. Some of the behaviors described in the literature appear to be somewhat artefactual with cells permanently elongated perpendicularly to the applied field. One of the reason may be the strengths of the applied electric fields used ranging from 100 to 600 mV/mm (Nuccitelli and Erickson, 1983; Cooper and Keller, 1984) which are 4–22 times higher than what has been measured in vivo in Xenopus (Hotary and Robinson, 1994). Indeed, from early in development, the Xenopus embryo has a transepithelial potential and electrical currents (Hotary and Robinson, 1994). An anteroposterior gradient is detected from the blastopore and applying electric fields to nullify it led to developmental defects such as failure of anterior neural tube closure and reduced head development. Noticeably, it led to expulsion of cells from the blastopore which might indicate that the anteriorward displacement of mesoderm is partially affected. Given that this movement is crucial to generate a stiff environment for cephalic NC cells to migrate (Barriga et al., 2018), one could propose that the observed head defects in embryos with nullified electric fields might be due to a partial failure of cephalic NC migration linked to improper mesoderm development. As for the other putative guiding mechanisms discussed, electric fields will not be a one-size-fit-all cue. While most cell types exposed to electric fields seem to migrate toward the cathode, some, such as macrophages, seem to prefer the anode (Sun et al., 2019). Also, as discussed for the other taxis, some of the cellular structures required for sensing and implementation of a polarity bias at the single cell level are not specific to electric fields as an input (e.g., lipid rafts, cell surface receptors).



CONCLUSION

All these interplays are mind blowing and place us, as experimentalists, in a chicken and egg situation. Hierarchy between signals and pathways is difficult to dissect because of the numerous cross-regulations taking place during migration itself. Exposure to chemokines is needed for cell-matrix adhesion. Cell-matrix adhesions are needed for motility and mechanosensing. Mechanosensing controls nuclear shuttling of transcription factors. These factors control expression of adhesion molecules and cytoskeleton components which in turn feedback into cell polarity, etc. Therefore, rather than being driven by competing guidance strategies, cephalic NC cells seem to iteratively use the molecular machinery of cell motility and adhesion to read the various signals at their disposal. This blurs the lines between the different kinds of taxis even if for most of them the initial cue is clearly identifiable (e.g., chemokine, rigidity, electric field). This may mean that an understanding of the complexity of an in vivo morphogenetic process such as NC cell migration requires a systems biology approach with contribution from multiple disciplines to integrate studies in which cues, genes or pathways are handled one at a time. We can think of it as studying the role that each individual LEGO piece plays in forming a bigger structure. Taking a single piece out is extremely powerful to gather information about it. However, at some point, one needs to try to fit all pieces together. The added difficulty is that in the regulation of in vivo cell migration each LEGO piece has melted and started to blend with several of its direct neighbors.

Our aim with this review is to raise awareness about artificial distinctions between supposedly different modes of cell guidance. In that context, we (as a community of NC researchers) should always keep in mind that the signal we are looking at in a given project may actually influence other inputs. The reason for that is that NC cells are exposed to multiple signals and may have evolved to use them all at once, not one by one. That is already a fact based on published data but we probably underestimate it. Thus, we might need to systematically assess what knocking down one input does “outside” of its expected canonical function and with that in mind, design appropriate controls for our experimental approaches. We believe that the point we are making here invites the field to leave the current comfort zone and to address directed cell migration both in the context where it takes place and with the complexity it deserves.
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The neural crest (NC) cells and cranial placodes are two ectoderm-derived innovations in vertebrates that led to the acquisition of a complex head structure required for a predatory lifestyle. They both originate from the neural border (NB), a portion of the ectoderm located between the neural plate (NP), and the lateral non-neural ectoderm. The NC gives rise to a vast array of tissues and cell types such as peripheral neurons and glial cells, melanocytes, secretory cells, and cranial skeletal and connective cells. Together with cells derived from the cranial placodes, which contribute to sensory organs in the head, the NC also forms the cranial sensory ganglia. Multiple in vivo studies in different model systems have uncovered the signaling pathways and genetic factors that govern the positioning, development, and differentiation of these tissues. In this literature review, we give an overview of NC and placode development, focusing on the early gene regulatory network that controls the formation of the NB during early embryonic stages, and later dictates the choice between the NC and placode progenitor fates.

Keywords: neural border, neural crest, placodes, signaling, gene-regulatory-network, ectoderm patterning, fate decision


INTRODUCTION

The “New Head” hypothesis (Gans and Northcutt, 1983; Northcutt, 2005) suggests that the presence of a complex head is a significant evolutionary difference between vertebrates and other chordates. During evolution, the vertebrate head has appeared concomitantly with two unique tissues, which are not present (or present in rudimentary form) in earlier-derived organisms: the neural crest (NC) and the sensory placodes. These tissues are formed at the border of the neural fold on the dorsal side of the embryo: placode progenitors (PP) are present rostrally and NC precursors are located more posteriorly (Figure 1A). The NC cells are morphologically distinguishable at the late neurulation stage when they delaminate and migrate away from the edge of the neuroectoderm, towards the final locations where they differentiate (Shellard and Mayor, 2019; Alkobtawi and Monsoro-Burq, 2020; Thiery et al., 2020). In parallel, during neurulation, the pan-placodal ectoderm is subdivided into thickened epithelial areas defining each placode, which contribute to cranial sensory structures (Schlosser, 2008, 2010; Pieper et al., 2011; Grocott el al., 2012; Streit, 2018; Buzzi et al., 2019). Lineage tracing studies have detailed the respective contributions of the NC and the placodes (Noden, 1975; Keller, 1976; Le Douarin, 1980; D’Amico-Martel and Noden, 1983; Couly and Le Douarin, 1985, 1987; Eagleson and Harris, 1990; Garcia-Martinez and Schoenwolf, 1993; Eagleson et al., 1995; Kozlowski et al., 1997; Streit, 2002; Bhattacharya et al., 2004; Xu et al., 2008). Genetic screens conducted in multiple vertebrate species, in particular frog and chick embryos, have identified transcription factors (TFs) which uniquely demarcate NC and PP (Nieto et al., 1994; Ohto et al., 1999; LaBonne and Bronner-Fraser, 2000; Gamill and Bronner-Fraser, 2002; Plouhinec et al., 2014, 2017; Riddiford and Schlosser, 2016; Roellig et al., 2017). NC and PP originate from a common ectodermal domain, located between the dorsal neural plate (NP; future brain and spinal cord) and the ventral non-neural ectoderm (future epidermis), named the “neural border” (NB, also called “neural plate border” elsewhere; Meulemans and Bronner-Fraser, 2004; Groves and LaBonne, 2014; Pla and Monsoro-Burq, 2018; Thiery et al., 2020). At gastrula stages, pax3/7 genes (pax3 paralog in Xenopus species, pax7 paralog in chick, and pax3/7 ancestor gene in lamprey) mark the lateral and posterior NB, but not it’s rostral most portion, while zic1 marks the anterior NB (Figure 1; Table 1). The formation, positioning, and henceforth specification of the NB into NC and PP are regulated by the coordinated activity of multiple signaling pathways (e.g., FGF, BMP, and WNT pathways) and specific TFs (e.g., tfap2a/b/c, pax3/7, zic1, and hes4; Figure 1B). At neurula stages, NC and PP are marked by unique gene sets (e.g., snai2/foxD3 and six1/eya1 respectively, Table 1).
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FIGURE 1. A simplified view of the vertebrate gene regulatory network (GRN) controlling neural crest (NC) and placode induction. (A) Model of a Xenopus embryo at the mid-neurula stage, depicting the relative positions of the neural plate (NP, blue), the NC (green), and the placode progenitors (PP, red). These tissues express specific transcription factors (TFs), such as Sox2, Snai2, and Six1 respectively. DV, dorsoventral axis; RC, rostrocaudal axis. (B) The combined effects of signaling pathways and TFs lead to the development of different tissues in a temporally and spatially regulated manner. Here, the major genes involved at each stage have been indicated, along with the signaling levels of major secreted pathways (BMP, FGF, and WNT). Signaling pathways and genes have been selected according to their conserved functions in various vertebrate animal models and to the availability of detailed studies about their regulation and function in ectoderm patterning. At the mid-gastrula stage (pre-border stage), orange labels the anterior neural border (NB), and yellow depicts the posterior NB. At later stages, green and red depict the NC and the pre-placodal ectoderm respectively. im., intermediate; var., variable. (C) A synthetic view of the NB-development GRN in Xenopus laevis. Genes have been arranged from top to bottom according to the first stage during which their function is required. Genes positioned towards the left of the map favor the NC fate (green) while genes positioned towards the right of the map favor the PP fate (red). Gene-specific requirements of different signaling pathway activity have been depicted by shapes under the respective gene names (low, intermediate, and high). *Tfap2a has reiterated functions during the different stages, for which it interacts with different binding partners (de Croze et al., 2011; Rothstein and Simoes-Costa, 2020). Solid lines depict direct interactions, dashed lines depict epistasis interactions (either indirect or not proven to be direct) and dotted lines depict a feedback regulation. Arrows depict activation and bars depict repression. The GRN map has been constructed using the BioTapestry software (Longabaugh et al., 2005). Data from other model systems have not been included for the sake of simplicity, but the selected genes broadly display conserved functions in frog and chick. (For more detailed views of placode and NC GRNs, refer to Simoes-Costa and Bronner, 2015; Maharana and Schlosser, 2018; Prasad et al., 2019; Rogers and Nie, 2019; Thiery et al., 2020).




TABLE 1. Important references.
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Principally, the cephalic NC and the placodes form the head sense organs and peripheral nervous system. The cranial NC forms neurons, glial cells, melanocytes, secretory cells, osteocytes, and chondrocytes (Dupin et al., 2018; Etchevers et al., 2019; Alkobtawi and Monsoro-Burq, 2020). The pan-placodal ectoderm develops into non-neurogenic placodes (e.g., adenohypophysis, lens), and neurogenic placodes (epibranchial, otic, paratympanic, trigeminal, and olfactory). In addition, aquatic anamniote vertebrates possess lateral line placodes, which generate a lateral line system comprised of mechanosensory organs in the head and the trunk (Piotrowski and Baker, 2014; Schlosser, 2014; Singh and Groves, 2016; Buzzi et al., 2019). Additionally, by a coordinated migration and morphogenesis, NC, and placode cells form the cranial sensory ganglia (D’Amico-Martel and Noden, 1983; Forni et al., 2011). In humans, defective NC development leads to neurocristopathies, which represent one-third of all developmental diseases, such as cleft palate, Waardenburg syndrome, and Hirschsprung’s disease (Vega-Lopez et al., 2018). Similarly, defects in placode development lead to diseases such as BOR/BO syndrome (Kochhar et al., 2007). In order to understand the development of these tissues and uncover the molecular basis of human pathologies, functional studies have been conducted using various vertebrate animal models. In this brief literature review, we focus on the regulation of the early stages of NB development, followed by its specification into NC and PP. We particularly emphasize the common and specific pathways and the gene regulatory network (GRN) controlling the balanced emergence of both cell types around the NP.



NEURAL CREST DEVELOPMENT, AN OVERVIEW

The neural crest is an exclusive feature of vertebrates, acquired about 500 million years ago during evolution (Sauka-Spengler et al., 2007). Since NC generates tissues typical of both ectodermal (ganglia) and mesodermal (mesenchyme, bone) origin, it has been referred to as the fourth embryonic germ layer (Hall, 2018). The NC develops from the NB positioned adjacent to the NP along the rostrocaudal axis during gastrulation and neurulation. Classically, the NC is subdivided into cranial and trunk areas, followed by further anatomical subdivisions (Alkobtawi and Monsoro-Burq, 2020). At the end of neurulation, upon neural tube closure, the NC cells start to migrate in multiple streams, delineating the main craniofacial domains and along the somites in the trunk (Theveneau and Mayor, 2012; Szabo and Mayor, 2018; Rocha et al., 2020). Upon reaching their target tissues, poorly understood genetic programs and interactions with the environment dictate NC differentiation into multiple cell types (Bronner and Le Douarin, 2012).

Before migration, NC cells follow a typical epithelial-to-mesenchymal transition (EMT), which involves the activation of specific TFs (EMT-TFs, e.g., Snail1/2, Twist1), a cadherin switch, and the fine-tuned dynamics of multiple cytoskeletal and cell-polarity proteins. This results in the loss of the polarized epithelial phenotype and acquisition of cell motility (Bahm et al., 2017; Morrison et al., 2017; Shellard and Mayor, 2019). In most species, NC migration involves “contact inhibition of locomotion” (CIL), the mechanism allowing cell dispersion in vitro and in vivo, as well as “co-attraction,” a mechanism maintaining collective migration of cranial NC cells (Carmona-Fontaine et al., 2008; Wynn et al., 2013; Richardson et al., 2016; Li et al., 2019). In addition, cranial NC cells interact with placodal cells, some of which also delaminate. This helps orient the direction of migration of both cell types (Freter et al., 2013; Theveneau et al., 2013; Colombi et al., 2020). The cellular mechanisms of NC migration have been extensively reviewed elsewhere (Mayor and Theveneau, 2013; Shellard and Mayor, 2019; Alkobtawi and Monsoro-Burq, 2020; Giniunaite et al., 2020; Piacentino et al., 2020; Thiery et al., 2020).

Recent works have focused on premigratory NC induction and specification, starting at late gastrulation/NP stages, as denoted by the expression of early NC specifier genes (e.g., snai2, foxd3, tfap2e, sox8, and sox9). These earlier NC-specifiers in turn induce later NC specifiers such as sox10, ets1, and twist1 during the second half of neurulation, when neural folds elevate and fuse dorsally (Alkobtawi and Monsoro-Burq, 2020). The NC specifiers collectively maintain their own expression by positive feedback stimulations (Lander et al., 2013).



PLACODE DEVELOPMENT, AN OVERVIEW

Placodes, the second key vertebrate innovation leading to the formation of specialized head structures, develop from the dorsal-rostral pan-placodal domain which also derives from the NB (Figure 1A). Post neurulation, some placodes undergo epithelial folding. Other placode cells are primed for neurogenesis and delaminate from the epithelium (Lassiter et al., 2014). However, unlike NC migration, placode migration does not seem to involve EMT: EMT markers are absent, and cells do not exhibit a mesenchymal morphology and migrate as neuronal cells through a breach in the basal lamina (Graham et al., 2007). During migration, placode cells interact with specific subpopulations of NC cells to form sensory ganglia.

The Six and Eya family of TFs are the major genes involved in early PP development. At late gastrula stages, Six1/4 and Eya1/2 are induced throughout the PP and are essential for its development (Table 1). These genes are also required at later stages for placode cell-proliferation and neurogenesis (Schlosser et al., 2008). Grown in isolation, PP continues expressing six1/eya2, but adopts a lens fate “by default,” highlighting that additional regulators control the formation of the other placodes (Bailey et al., 2006). Although, genetic screens have identified a few genes functioning upstream/downstream of the Six/Eya complex, such as Znf462, Homer2, Hes2, Atoh1, the placode GRN remains incompletely understood (Christophorou et al., 2009; Riddiford and Schlosser, 2016; Hintze et al., 2017).



REGULATION OF NEURAL CREST AND PLACODE FATE SPECIFICATION

Neural crest and PP are specified at late gastrula and neurula stages, while the induction of the NB itself is concomitant to neural induction in dorsal ectoderm, at early gastrula stages (de Crozé et al., 2011). Both these processes are tightly regulated by the activity of signaling pathways and TFs, leading to a strict temporal developmental sequence, resulting in well-defined margins demarcating each tissue.


Secreted Signaling Pathways Broadly Pattern the Ectoderm

Levels of activity and cross-regulations between BMP, FGF, and WNT signaling pathways are particularly important for the induction of NC and PP, as they initiate spatial subdivisions of the dorsal ectoderm during gastrulation (Wilson and Hemmati-Brivanlou, 1995; Streit and Stern, 1999; Monsoro-Burq et al., 2003; Kudoh et al., 2004; Steventon et al., 2009; Stuhlmiller and Garcia-Castro, 2012; Yardley and Garcia-Castro, 2012; Schille and Schambony, 2017). Activity levels are influenced by the source of ligands and their antagonists. BMP ligands are secreted by the non-neural ectoderm and the ventral mesoderm, while the NP and the organizer produce BMP antagonists (e.g., Noggin, Chordin, Cerberus and Follistatin; Hawley et al., 1995; Wilson and Hemmati-Brivanlou, 1995; Fletcher and Harland, 2008; Patthey et al., 2008; Branney et al., 2009; Linker et al., 2009). This sets up a low-to-high gradient of BMP signaling from the dorsal midline towards the lateral zones. FGF ligands are produced by the paraxial mesoderm, while WNT ligands come from both the paraxial mesoderm and the non-neural ectoderm (Faure et al., 2002; Monsoro-Burq et al., 2003; Steventon et al., 2009). Rostral to the NP, WNT antagonists limit WNT signaling (Pera and De Robertis, 2000; Wilson et al., 2001; Carmona-Fontaine et al., 2007). All these pathways are also modulated temporally as they are required at different levels at multiple stages of neural/NC/PP and epidermis specification. At the early gastrula stage, FGF signaling, along with BMP and WNT antagonists, promotes neural development while high BMP and WNT signaling lead to non-neural ectoderm development (Groves and LaBonne, 2014). Henceforth, FGF/BMP antagonists activate neural factors demarcating the dorsal ectoderm (e.g., sox2/3, otx2; Streit et al., 2000). BMP activity upregulates the expression of tfap2a, foxi1, gata2/3, and dlx3/5 in the non-neural ectoderm (Nguyen et al., 1998; Luo et al., 2002; Tribulo et al., 2003; Matsuo-Takasaki et al., 2005; Esterberg and Fritz, 2009; Kwon et al., 2010; de Croze et al., 2011).

Between the neural and non-neural ectoderm, the lateral NB is characterized by high FGF, high WNT, and low to intermediate BMP activity, and uniquely marked by pax3/7 with an overlapping expression of tfap2a, msx1, zic1, gbx2, and hes4 (Table 1). In contrast, the anterior NB is subjected to high FGF/low BMP/low WNT levels (Figure 1C; Chang and Hemmati-Brivanlou, 1998; Piacentino and Bronner, 2018; Tambalo et al., 2020). The NB is progressively subdivided into NC, PP, dorsal neural tube, and non-neural ectoderm progenitors. Different relative levels of BMP and WNT activity control NC induction and fate maintenance (Steventon et al., 2009; Steventon and Mayor, 2012). It is not yet completely understood how the activity levels of these pathways change dynamically in time and space. One hypothesis is that morphogenesis during neurulation positions the NB close to distinct parts of the mesoderm over time: at mid/late gastrula stages, the dorsal-lateral marginal zone (immature paraxial and intermediate mesoderm precursors) is required for NC induction, while the intermediate mesoderm (pronephros progenitors) maintains NC identity at the early neurula stage. In frog and chick neurula embryos, premigratory NC progenitors exhibit increased BMP activity due to novel signaling modulators (Tribulo et al., 2003; Kwon et al., 2010; Piacentino and Bronner, 2018). Although it remains difficult to compare stages between different species, in zebrafish embryos, a low level of BMP signaling is essential for NC induction while it seems to inhibits PP formation (Nguyen et al., 1998).

Emerging functions of other signaling pathways also contribute to this complex patterning. Retinoic acid signaling contributes to NC induction and migration (Villanueva et al., 2002; Martinez-Morales et al., 2011). Notch signaling is required for bmp4 and snail2 expression, regulating NC induction and cell fates at the neural NB (Endo et al., 2002, 2003; Hernandez-Lagunas et al., 2011). AKT signaling is required for premigratory NC induction and maintenance (Sittewelle and Monsoro-Burq, 2018).



Transcription Factors Control Fate Decisions at the Neural Border

The integration of those multiple signals triggers the activation of specific TFs, which in turn bias NB cells towards a given fate (Figure 1C). Tfap2a and Gbx2, the earliest genes involved in NC induction, both activate msx1, pax3, and hes4 (Li et al., 2009; de Croze et al., 2011). Tfap2a is required for both PP (six1/eya1) and NC (foxd3) fates (Luo et al., 2003; Kwon et al., 2010; Pieper et al., 2012; Maharana and Schlosser, 2018). In contrast, Gbx2 favors NC fate by inhibiting six1 expression (Li et al., 2009). Gata2/3 and Foxi TFs (frog foxi1a and chick foxi3) promote the PP fate by directly activating six1 expression and also upregulating dlx3/5 expression (McLarren et al., 2003; Matsuo-Takasaki et al., 2005; Kwon et al., 2010; Sato et al., 2010; Pieper et al., 2012; Khatri et al., 2014; Hintze et al., 2017). Dlx3 (frog) and Dlx5 (chick) are necessary for PP formation through enhancer-mediated activation of six1 (Sato et al., 2005, 2010). On the other hand, in mouse, chick, and zebrafish, Msx1 inhibits PP fate by repressing six1 expression, thus promoting NC fate (Zhang et al., 1997; Phillips et al., 2006; Sato et al., 2010). Interestingly, a recent study in Xenopus suggests that Msx1 is required for six1/eya1 expression, as Msx1 depletion slightly decreases six1 expression, while its overexpression expands six1/eya1 ectopically (Maharana and Schlosser, 2018). These seemingly contradictory results may be explained by distinct stage-specific requirements for each gene in different experimental settings. Accordingly, it is known that certain genes, like tfap2a and msx1, are also required for later NC developmental steps (de Croze et al., 2011; Rothstein and Simoes-Costa, 2020). Mechanistically, the Tfap2a protein dimerizes with either Tfap2c or Tfap2b, at NB and NC stage, respectively, to activate different sets of targets (Rothstein and Simoes-Costa, 2020).

The NB marker Pax3 and the more anteriorly localized Zic1 factor are necessary and sufficient for inducing NC and PP in “naive” ectoderm (Monsoro-Burq et al., 2005; Hong and Saint-Jeannet, 2007; Milet et al., 2013; Bae et al., 2014; Plouhinec et al., 2014). In vivo and in ectoderm explants, fate choice is controlled by their relative levels: high Pax3 promotes a hatching gland fate (frog-specific ectoderm cell type), high Zic1 promotes PP fate, while a combination of Pax3 and Zic1 promotes NC fate. Zic1 induces PP fate in a Dlx3-dependent manner while Pax3 strongly represses six1/eya1 expression (Maharana and Schlosser, 2018). Pax3/Zic1 together lead to the direct expression of the NC specifiers snai1, snai2, and foxd3 (Milet et al., 2013; Plouhinec et al., 2014; Simoes-Costa et al., 2014). Consequently in vivo, during gastrula NB stages, the PP forms in the Zic1-positive/Pax3-negative anterior NB portion, while NC forms in the region where Pax3 and Zic1 overlap. Interestingly, there is some overlap between pax3/7-negative and six1/eya1-positive areas, thus leading to an interesting conundrum: how are cells sorted in this overlap region? In chick, a few NB cells continue expressing combinations of fate-specific markers until neurula stages and ultimately get sorted into their final domains (Roellig et al., 2017). Future studies considering the temporal and morphogenetic differences in the neurulation between different species will further address this question.

Several recent transcriptomics screens have uncovered novel regulators of NC/PP fate choice (Table 1). For example, in Xenopus, hes4 (hairy2b) and znf703, expressed broadly at the NB, are required for NC induction. Hes4 upregulates foxd3, maintains NC multipotency, and, through the activity of Notch/Delta signaling triggering Id3, promotes NC differentiation (Nagatomo and Hashimoto, 2007; Nichane et al., 2008a,b; de Croze et al., 2011). Znf703, a target of Pax3 and Zic1, is required for NC specifiers expression (Hong and St-Jeannet, 2017; Janesick et al., 2019). In chick, Axud1, a target of WNT signaling, cooperates with NB specifiers Pax7 and Msx1 for NC induction (Simoes-Costa and Bronner, 2015), while Znf462 and Pdlim4 regulate foxi3 and dlx5 respectively, affecting PP development (Hintze et al., 2017). These studies highlight the urgent need for functional studies weaving those numerous novel regulators into the current scaffold of the NB-GRN.




DISCUSSION

Research in multiple model systems has highlighted essential elements of the GRN governing NB induction and NC/PP fate choice (a frog-specific simplified NB-GRN is shown in Figure 1C). Importantly, the functions of the key regulators are largely conserved across species (Table 1). However major questions remain unanswered. Genetic and transcriptome screens show that the NB-GRN is largely incomplete. Moreover, while complex epistasis relationships begin to be established, most direct regulations await a functional validation. Furthermore, complex feed-back and feed-forward mechanisms between signaling pathways and NB specifiers remain incompletely understood (Litsiou et al., 2005; Garnett et al., 2012). BMP signaling activates Tfap2a, Foxi1, and Gata3, which then regulate each other (McLarren et al., 2003; Ahrens and Schlosser, 2005; Litsiou et al., 2005; Kwon et al., 2010; Pieper et al., 2012; Khatri et al., 2014). Gata2 upregulates both BMP and WNT ligands (Sykes et al., 1998). The NB specifiers Pax3, Zic1, Msx1, Hes4, and Tfap2a regulate each other in a feed-forward loop and require additional WNT signaling (Monsoro-Burq et al., 2005; Sato et al., 2005; Maczkowiak et al., 2010; de Croze et al., 2011; Simoes-Costa and Bronner, 2015). Frog PP specifiers six1/eya1 affect NB and NC specifiers expression (pax3, foxd3) as well as NB inducers (tfap2a, msx1, dlx3, gata2, foxi1; Maharana and Schlosser, 2018). As a whole, these complex cross-talk and feedback regulations stabilize fate choices.

Another debated question is how multipotency, a key characteristic of NC and placodes, is controlled during NB development (Baggiolini et al., 2015). Whether high (NC) or more limited (placodes), the diversity of NC/placode derivatives surpasses other cells’ potential at a similar stage and promotes the formation of the New Head. While the molecular basis of placode multipotency remains unexplored, a first model has proposed that NC progenitors retained blastula-type multipotency (Buitrago-Delgado et al., 2015). However, this model is debated since single-cell transcriptomes have shown that the multipotency gene signature proposed by Buitrago-Delgado et al. was not specific to multipotent cells (Briggs et al., 2018). Rather, functional analysis of the vertebrate-specific genetic innovations Nanog/Oct4 (and their orthologs Ventx/Pou5) before or after gastrulation rather suggests that NC progenitors de novo activate pluripotency regulators after NB induction (Scerbo and Monsoro-Burq, 2020). This reinitiates multipotency and promotes the ectomesenchyme fate. From an evolutionary perspective, the cranial NB/NC-GRN requires Ventx/Nanog, Pou5/Oct4 and later NC specifier Ets1 to promote jawed structures formation in gnathostomes (Simoes-Costa and Bronner, 2016; Martik et al., 2019; Soldatov et al., 2019; Scerbo and Monsoro-Burq, 2020). Later on, NC specifiers’ downregulation leads to the loss of pluripotency and the initiation of cell differentiation (Dottori et al., 2001; Sasai et al., 2001; Teng et al., 2008; Betancur et al., 2010; Mundell and Labosky, 2011; Dupin et al., 2018).

Despite their limitations, all these studies shed light on the two alternative models proposed for NB development. The “binary competence” model proposes that early in development, the competence to develop either NC or placodes is restricted to the NB and the non-neural ectoderm, respectively (Schlosser, 2008; Pieper et al., 2011, 2012). The “NB” model proposes, that early on, the multipotent NB generates both NC and PP, the relative positions of which are determined at later stages by distinct specifiers. Recent experiments suggest a combination of both models in vivo: at blastula to late-gastrula stages, the multipotent NB shows co-expression of markers of either fate and no spatial segregation of fate-biased cells (NB model), but as development proceeds, the capability to form either NC or PP would restrict to subzones of the border (binary competence; Roellig et al., 2017; Briggs et al., 2018; Maharana and Schlosser, 2018). When single-cell transcriptomics studies will explore these early stages with increased resolution in the near future, it will be interesting to re-evaluate how cell lineage choices are controlled at the NB. Altogether, the recent functional analyses of early ectoderm patterning have shed important novel information, increasing knowledge of the GRN acting to promote NC and/or PP for the benefit of future studies of human pathologies.
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The paired cranial sensory organs and peripheral nervous system of vertebrates arise from a thin strip of cells immediately adjacent to the developing neural plate. The neural plate border region comprises progenitors for four key populations of cells: neural plate cells, neural crest cells, the cranial placodes, and epidermis. Putative homologues of these neural plate border derivatives can be found in protochordates such as amphioxus and tunicates. In this review, we summarize key signaling pathways and transcription factors that regulate the inductive and patterning events at the neural plate border region that give rise to the neural crest and placodal lineages. Gene regulatory networks driven by signals from WNT, fibroblast growth factor (FGF), and bone morphogenetic protein (BMP) signaling primarily dictate the formation of the crest and placodal lineages. We review these studies and discuss the potential of recent advances in spatio-temporal transcriptomic and epigenomic analyses that would allow a mechanistic understanding of how these signaling pathways and their downstream transcriptional cascades regulate the formation of the neural plate border region.

Keywords: neural crest, placodes, CNS - central nervous system, PNS, signaling / signaling pathways, transcription factor, embryo, development


INTRODUCTION

The neural plate border is one of the most developmentally complex regions in the vertebrate embryo. During the gastrulation, the epiblast begins to display signs of patterning, with the medial portion adopting a neural identity and the lateral aspect adopting a non-neural (epidermal) identity. The neural plate border region arises between the future anterior neural plate and the future epidermis in response to a series of inductive signals. Cells that intermingle at the border of the neural plate give rise to four distinct cell lineages: (1) neural progenitors that form the anterior central nervous system (CNS), (2) neural crest cells that form the peripheral nervous system, pigment cells, and much of the bone and cartilage of the face, (3) the craniofacial placodes that form complex sensory organs such as the inner ear and the olfactory epithelium, and (4) the cranial epidermis (Grocott et al., 2012; Groves and LaBonne, 2014). The fascination with this transient embryonic region is due not only to its biological significance but also to its relevance to human disease: genetic or environmental perturbations of this region collectively contribute to an enormous range of birth defects affecting the brain, skull, face, and sensory organs.

The differentiation of the neural plate border region is remarkable for several reasons. First, the four lineages generated at the border each give rise to a large number of very different cell types. Segregation of the border region into CNS neuroepithelial stem cells, neural crest cells, placodal progenitors, and epidermal stem cells requires that the four lineages become distinct from each other, while individually retaining the potential to generate a wide variety of fates within each lineage. Second, this process of segregation is extremely rapid – the events described in this review occur over a period of about 12 h in amniotes and even more rapidly in fish and amphibians, while throughout this time, the cells are dividing and changing position with respect to each other at the border. Third, the secreted inducing signals, such as BMPs, FGFs, and WNTs, that induce border region fates act over very short distances and for very short periods of time, yet somehow manage to co-operate to quickly segregate the four lineages to preclude any subsequent conversion of progenitors from one lineage into those of another. Fourth, recent studies from non-vertebrate chordates suggest that the first step in the evolution of neural crest and cranial placodes – two vertebrate novelties that appear to have arisen independently – may already have begun as the first chordates arose, and understanding the mechanisms underlying these early events may shed light on the mechanisms of border region development in vertebrates.

As gastrulation proceeds, the commitment of epiblast to one of the four border region lineages described above requires large-scale epigenetic and transcriptional changes. At present, we know almost nothing about how the chromatin of border region progenitors is rearranged and reconfigured to render some regions of the genome accessible in each lineage while simultaneously placing other regions permanently beyond use. At one extreme, the epigenome of primitive ectoderm or epiblast could gradually be transformed into multipotential cells of progressively more restricted fates, culminating in the four border lineages. At the other extreme, large scale chromatin remodeling of epiblast cells could assign them to one of these four lineages in a very short period without passing through a more multipotential intermediate. Recent advances in the ability to profile the transcriptomic and epigenetic states of individual cells mean that answering these questions may finally be experimentally tractable.

Here, we discuss the known molecular mechanisms of neural plate border differentiation, focusing on the role of morphogenetic signaling pathways and transcriptional regulators in refining boundaries between the derivatives of the neural plate border. A number of excellent reviews of the neural plate border region and its evolutionary origins have appeared in recent years, and so in addition to summarizing these mechanisms, we will also focus on a series of unresolved questions concerning the neural plate border and possible ways to address them in future.



DEVELOPMENT OF THE NEURAL PLATE BORDER AND THE FATES AND POTENTIALS OF BORDER PROGENITORS


The Temporal Sequence of Neural Plate Border Formation

The first evidence of division of embryonic epiblast into future neural and non-neural domains can be seen in many vertebrates prior to the onset of gastrulation. Early neural markers, such as Otx2, Sox3, ERNI, and Geminin, are expressed in dorsal ectoderm destined to give rise to the neural plate (Bally-Cuif et al., 1995; Rex et al., 1997; Kroll et al., 1998; Streit et al., 2000; Papanayotou et al., 2008). Some of these genes, sometimes referred to as “pre-neural” markers, can be induced by neural fate-inducing molecules, such as FGFs, or WNT and BMP antagonists (Streit et al., 2000; Wilson and Edlund, 2001; Albazerchi and Stern, 2007; Papanayotou et al., 2008; Rogers et al., 2011; Stern and Downs, 2012). Regions of the embryo where WNT and BMP signaling are not being actively inhibited begin to express the markers broadly considered as non-neural, such as members of the Ap2, Dlx, Foxi, Gata2/3, and Msx transcription factor gene families (Papalopulu and Kintner, 1993; Pera et al., 1999; Sheng and Stern, 1999; Luo et al., 2001; Knight et al., 2003; McLarren et al., 2003; Woda et al., 2003; Ohyama and Groves, 2004a; Brown et al., 2005; Matsuo-Takasaki et al., 2005; Phillips et al., 2006; Hans et al., 2007; Hoffman et al., 2007; Li and Cornell, 2007; Pieper et al., 2012; Figure 1).
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FIGURE 1. Early ectodermal patterning at the anterior epiblast. Although the ectodermal patterning varies significantly across chordates, and even within amniotes, we illustrate, here, the key stages of ectodermal patterning most faithful to amniote development. The medial epiblast begins to exhibit molecular differences compared to the surrounding tissue, with the medial region expressing pre-neural/neural (salmon) markers and lateral (blue) region with predominantly non-neural/epidermal gene expression. At the initial stages of gastrulation, the transitional zone between the neural and non-neural ectoderm, called the neural plate border (yellow), becomes more defined. By the early stages of neurulation, two distinct spatially segregated populations of cells can be detected at the border region – pre-placodal ectoderm laterally (purple) and neural crest cell progenitors medially (green). Although much remains uncertain about the roles and timing of WNT, BMP, and FGF signaling pathways and associated gene-regulatory networks during the early ectodermal patterning, a general consensus of the signaling levels and classic spatially distinct markers are indicated below the epiblast cartoons. Additionally, the asymmetric WNT signaling along the anterior-posterior axis and, subsequently, key molecular expression differences are also presented on the right-most panel.


As the early epiblast continues to receive signals from the organizer, additional genes considered to define neural tissue, such as Sox2, begin to express (Rex et al., 1997; Streit et al., 1997; Uchikawa et al., 2003). Simultaneously, expression of many non-neural genes becomes restricted to regions close to the developing neural plate (Feledy et al., 1999a; Streit, 2002; Woda et al., 2003; Khudyakov and Bronner-Fraser, 2009; Kwon et al., 2010; Pieper et al., 2012) under the influence of specific levels of BMP inhibition and FGF signaling. It is at this point that the earliest components of the neural crest gene regulatory network appear at the edge of the developing neural plate, such as Pax and Zic gene family members, Msx1/2, and Ap2 (Monsoro-Burq et al., 2003; Basch et al., 2006; Hong and Saint-Jeannet, 2007; Khudyakov and Bronner-Fraser, 2009; Murdoch et al., 2010; Milet et al., 2013; Prasad et al., 2020), followed by later neural crest gene regulatory network-related members such as Snail and Twist family members, Foxd3, Sox9, and later, Sox10 (reviewed in Prasad et al., 2012; Martik and Bronner, 2018; Hovland et al., 2020). BMP, FGF, and WNT signals derived from the future epidermis, neural plate, and mesoderm all participate in the positioning of these genes at the neural plate border (reviewed in Groves and LaBonne, 2014; Pla and Monsoro-Burq, 2018; Prasad et al., 2019; Figure 1). The source and timings of these signals varies in different vertebrate groups, but their function of inducing early neural plate border markers is generally conserved (reviewed in this Research Topic by York et al., 2020).

Shortly after the first evidence of neural crest formation, a band of ectoderm slightly lateral to the domain of neural crest markers begins to express members of the Six and Eya families (Streit, 2002; Litsiou et al., 2005; Christophorou et al., 2009; Grocott et al., 2012). This region contains undifferentiated placodal progenitors and has been termed the pre-placodal region (Grocott et al., 2012; Groves and LaBonne, 2014; Patthey et al., 2014; Schlosser et al., 2014). Some genes that initially appear to be broadly expressed in non-neural ectoderm, such as Foxi3 and Gata3, refine to the pre-placodal region (Streit, 2007; Khatri et al., 2014). In contrast, Six and Eya family genes appear de novo in the anterior neural plate border region, extending from approximately the first pair of somites to the most anterior regions of the neural plate (Mishima and Tomarev, 1998; Esteve and Bovolenta, 1999; Kobayashi et al., 2000; Pandur and Moody, 2000; McLarren et al., 2003; Bessarab et al., 2004; Brugmann et al., 2004; Ahrens and Schlosser, 2005; Litsiou et al., 2005; Ishihara et al., 2008; Figure 1). Six and Eya gene family members continue to be expressed in many placodal derivatives as they differentiate (Xu et al., 1999; Zhu et al., 2002; Zheng et al., 2003; Bessarab et al., 2004; Zhang et al., 2004; Zou et al., 2004, 2006; Purcell et al., 2005; Schlosser, 2007; Ahmed et al., 2012a,b), but genes specific to sub-populations of placodes subsequently appear in this region in response to local inducing signals – for example, Pax2/8 genes in the otic and epibranchial placode region, Pax3 in the ophthalmic trigeminal ganglion, and Pax6 in the future lens and olfactory placodes (Baker et al., 1999; Groves and Bronner-Fraser, 2000; Bhattacharyya et al., 2004; Ohyama and Groves, 2004b).



Rostro-Caudal Patterning of the Neural Plate Border Region

Neural crest cells originating from the neural folds, delaminate during the neural tube closure, and migrate into the head and trunk to generate various skeletal and sensory structures along the anterior-posterior axis: (1) skeletal mesenchyme of the face, (2) parasympathetic ganglia and glia, (3) sympathetic ganglia and glia, (4) enteric nervous system and glia, (5) glial cells and sensory neurons of the head and dorsal root ganglia, and (6) pigment cells (Begbie, 2013). Similarly, the pre-placodal domain gives rise to multiple patches of thickened epithelium that invaginate or migrate short distances to form distinct mature derivatives from anterior to posterior end of the cranial region: (1) adenohypophysis (pituitary gland), (2) olfactory neurons, (3) lens, (4) trigeminal ganglion (cranial ganglion V), (5) inner ear, (6) epibranchial ganglia (cranial ganglia VII, IX, and X), and (7) the anterior and posterior lateral line (absent in amniotes; Figure 2; Begbie, 2013; Singh and Groves, 2016). The vertebrate cranial placodes differentiate into many cell types: sensory neurons, secondary sensory receptor cells, and secretory cells, as well as their associated supporting cells. Migrating cranial neural crest cells have a close relationship with placodal development, despite that the crest cells migrate much large distances from the neural folds compared to the placodes that thicken, invaginate, and migrate short distances. The neural crest cells populate placode-derived sensory ganglia with glial cells (see, for example, Sandell et al., 2014).
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FIGURE 2. Vertebrate placodal and neural crest derivatives. Diagrams of an approximately 10-day old mouse embryo show (A) cranial placodal derivatives and (B) cranial neural crest derivatives. The arrows from dorsal to ventral sides of the embryo represent paths of the neural crest migration from the dorsal neural folds that would begin during neurulation around day 8. In both panels, the roman numerals represent the cranial nerves that the sensory ganglia are associated with: the posterior placodal-derived ganglia in (A) and neural crest-derived proximal ganglia in (B). In panel (B) the rhombomeres are indicated in purple (numbered r1–r8) and midbrain and diencephalon in light blue.


Molecular asymmetries emerge along the rostro-caudal axis during gastrulation as the ectoderm receives progressively more posteriorizing neural induction signals. Otx2 and Gbx2 are expressed in the anterior and posterior epiblast, respectively, and this pattern is maintained by mutual repression as the neural plate is induced and patterned, ultimately delineating the boundary between midbrain and hindbrain (Figure 1; reviewed in Wurst and Bally-Cuif, 2001). Slightly later, additional transcription factors, such as members of the Pax, Six, and Irx families, are also expressed in mutually exclusive domains along the rostral-caudal axis of the neural plate (reviewed in Gómez-Skarmeta et al., 2003). For example, Pax6 is expressed in an anterior domain of the future forebrain, whereas Pax2 is in the future midbrain, while Six1 and Irx3 sub-divide the forebrain into anterior and posterior compartments. Interestingly, some of these anterior-posterior patterning events also occur in the pre-placodal region, with Otx2 and Gbx2 being expressed in register with their domains in the neural plate, and being required for aspects of trigeminal and otic placode development, respectively (Steventon et al., 2012). Several Pax genes are expressed along the anterior-posterior axis in a spatially distinct pattern with Pax6, Pax3, and Pax2/8 contributing to patterning the placodal derivatives, and also labeling them at later stages of development (Groves and Bronner-Fraser, 2000; Saint-Jeannet and Moody, 2014).

In contrast to more anterior neural patterning genes, Hox genes are not expressed in pre-placodal ectoderm and are restricted to the neural plate posterior to rhombomere 1 of the hindbrain but not to pre-placodal ectoderm. As neural crest cells migrate out of the hindbrain to populate the branchial arches, they maintain some parts of the combinatorial Hox code, but not others – for example, crest cells invading the first branchial arch express no Hox genes at all, whereas crest cells invading the second arch maintain expression of Hoxa2 and Hoxb2, but not Hoxb1 (reviewed in Parker et al., 2018). It is known that the environment into which crest cells migrate can modulate Hox gene expression (Trainor and Krumlauf, 2000a,b), but the environmental signals and transcriptional regulators that exclude Hox genes from the adjacent pre-placodal ectoderm are unknown. As progress continues to be made in understanding how signals that regulate Hox genes interact with the neural crest gene regulatory network (Parker et al., 2018), it will be of interest to understand how mechanisms that exclude Hox genes from placodal precursors arose during the evolution of neural crest and placodes in basal chordate lineages.

Why do the most anterior regions of the neural plate not generate neural crest? The olfactory placode is derived from the anterior neural fold (Couly and Le Douarin, 1985) which contains multipotent progenitors able to form epidermis, the olfactory placode and the olfactory bulb, and forebrain (Bhattacharyya and Bronner, 2013; Torres-Paz et al., 2020), but not neural crest cells. However, the anterior neural fold has transient competence to generate at least some neural crest, as grafting the chick anterior neural fold to the rostral hindbrain produces migratory neural crest. These cells also give rise to some epidermis, just as they do in their normal location (Ezin et al., 2014). The environmental signals that specifically promote placodal differentiation and repress the neural crest program in the anterior region of the neural plate border are currently unknown, although it is clear that WNT, BMP, and retinoic acid signals that affect the gross anterior-posterior pattern of the neural plate (for example, Kiecker and Niehrs, 2001) can also regulate neural crest production (Villanueva et al., 2002). For instance, knockdown of the WNT antagonist genes Dkk and some Tcf/Lef members in the anterior epiblast results in crest cell induction at the anterior neural fold (Carmona-Fontaine et al., 2007; Mašek et al., 2016).



Unresolved Issues Concerning Lineage Segregation at the Neural Plate Border

In the previous section, we described the main gene markers whose appearance defines the neural plate, neural crest, pre-placodal region, and future epidermis. It should be emphasized, however, that the expression of many genes in the border region early stage is not uniform, with some sets of genes previously assigned as markers of a particular lineage being expressed more laterally in the border region than other markers of the same lineage. Moreover, the appearance of these markers by themselves tells us little about how and when the four neural plate border lineages segregate from each other. This is due to a paucity of fate mapping or lineage tracing data of cells at the neural plate border, and specifically an inability to correlate early marker expression with fate. For example, Zic and Pax3/7 genes are considered some of the earliest markers to define the neural crest gene regulatory network (reviewed in Pla and Monsoro-Burq, 2018), yet there have been very few lineage tracing studies of these early Zic+; Pax3/7+ border progenitor cells, and the few that have been done using Cre-Lox lineage tracing suggest these cells may also contribute to placodes such as the olfactory and otic placodes (Freyer and Morrow, 2010; Murdoch et al., 2012). There is thus a clear and unmet need for genetic lineage tracing approaches to map the fate of cells expressing markers of different border region populations as well as their spatial segregation from their earliest times of expression. Moreover, only a few studies have attempted to map multiple markers for the four border lineages at early stages to test the extent to which these markers initially overlap before segregating into distinct territories (Roellig et al., 2017), although the advent of faithful multi-color mRNA visualization technologies such as RNAscope (Wang et al., 2012), Hybridization Chain Reaction (Choi et al., 2016; Roellig et al., 2017), and in vivo transcriptomic techniques, such as MERFISH (Chen et al., 2015), is beginning to make the simultaneous visualization of border genes more tractable.

Although these points may seem only of academic interest, they have clear implications for understanding the mechanisms of how the four border lineages segregate from each other. For example, Schlosser et al. have proposed a “binary competence” model based on grafting experiments and evolutionary considerations in which neural ectoderm exclusively is competent to form neural crest, but only non-neural ectoderm is competent to develop into placodes (Ahrens and Schlosser, 2005; Schlosser, 2008; Pieper et al., 2012). However, another school of thought of a multipotent “preborder state” proposes the induced ectoderm expresses a common set of markers during the first few hours of development and then opt a lineage specific differentiation path based on the signals received thereafter (Hintze et al., 2017; Trevers et al., 2017). The ability to label and follow the descendants of cells expressing, for example, Zic, Msx, or FoxI family genes, or to map the fates of FoxD3 or TFAP2A-expressing cells may resolve whether the descendant cells activating expression of these genes are restricted to neural crest, placodes, or to multiple derivatives.

Another possible way of determining if a particular gene marks one of the four border lineages exclusively from early times is to perform loss-of-function studies to see if loss of a gene or gene family results in exclusive loss of a particular border lineage. In practice, however, such experiments are confounded by a number of considerations. First, some loss-of-function approaches in vertebrate embryos, such as antisense morpholinos, reduce but do not abolish gene function – thus, there are many studies reporting a reduction in neural crest or placode markers but not a complete loss (Woda et al., 2003; Lillevali et al., 2006; Robledo and Lufkin, 2006; Hoffman et al., 2007; Li and Cornell, 2007; Esterberg and Fritz, 2009; reviewed in Barriga et al., 2015), and there may be qualitative differences in the requirement for genes between different vertebrate groups (Barriga et al., 2015). Second, it is known that the development of a given border lineage can be regulated by its neighbors in an adjacent border derivative – for example, Zic1 can regulate the formation of placodes in a non-cell autonomous fashion by regulating the production of retinoic acid in the neural plate (Hong and Saint-Jeannet, 2007; Jaurena et al., 2015). Despite these potential confounding factors, there are examples where loss of a single gene leads to loss of at least some derivatives specific to one of the four main border derivatives. In one such example, Foxi3 mutant mice, deletion of the Foxi3 transcription factor leads to a complete loss of the otic placode and other posterior placodal derivatives but not anterior placodes such as the lens or olfactory epithelium (Birol et al., 2016).



The Developmental Potential of Neural Crest Cells – Pluripotential or “Partly Pluripotential”?

Out of the four multipotential lineages that arise at the neural plate border, the neural crest is particularly striking for the diversity of derivatives it produces. This is especially true in the head, where in addition to neurons, glia, and pigment cells, neural crest gives rise to a wide range of skeletal and cartilaginous structures and specialized derivatives such as corneal endothelium more typically associated with mesoderm. These long-standing observations, together with more recent data suggesting that markers associated with neural crest specification may appear much earlier in development than previously thought (Basch et al., 2006; Betters et al., 2018; Prasad et al., 2019, 2020) have led to a renewed interest in the origin of neural crest cells and their developmental potential. Work in Xenopus and mice has recently shown that a number of genes previously thought to be definitive neural crest markers are actually expressed in the early amphibian blastula or mouse embryonic stem cells, and conversely, some genes typically associated with pluripotency in amphibians and mammals were expressed in the developing neural crest (Liu and Labosky, 2008; Lin et al., 2014; Buitrago-Delgado et al., 2015). Moreover, knockdown or over-expression of dominant negative versions of neural crest transcriptional effectors, such as Snail or Sox5, depleted pluripotency-associated genes in the amphibian blastula and reduced their competence to form mesoderm. Induction of a neural crest or neural plate border state by over-expression of transcription factors also extended the competence of animal cap cell descendants to form mesoderm and endoderm. Neural plate border tissue could also be induced to form endoderm in response to high concentrations of activin (Buitrago-Delgado et al., 2015). This developmental potential is regulated in part by FGF/MAPK signaling, and a transition to PI3K/Akt signaling, together with a replacement of SoxB effectors with SoxE effectors appears to drive the transition to a more developmentally restricted state (Buitrago-Delgado et al., 2018; Geary and LaBonne, 2018).

These results suggest several intriguing possibilities regarding the potential of neural crest cells and the origin of this potential. One possibility is that the neural crest is the remnants of some blastula/epiblast stem cells that were retained during gastrulation, coming to reside at the neural plate border where they could subsequently be induced to migrate and form neural crest derivatives, while still transiently possessing the competence to express mesodermal or even endodermal genes. In this model, these “set aside” cells would retain some or all aspects of the pluripotency gene regulatory network associated with the anamniote blastula or amniote epiblast. Alternatively, cells at the neural plate border could be induced to regain or recapitulate some or all aspects of the pluripotency circuit. It is certainly possible to induce the neural crest cell state de novo by recombining ectoderm and intermediate neural plate (Dickinson et al., 1995), treating intermediate neural plate with inducing factors (Liem et al., 1995; Garcia-Castro et al., 2002), or treating embryonic stems cells with neural- or neural crest-inducing factors (Rada-Iglesias et al., 2011; Leung et al., 2016; Gomez et al., 2019a,b; Kobayashi et al., 2020). However, technical difficulties in directly following the expression of pluripotency factors in cells as they transition from the blastula/epiblast toward neural induction and the formation of the neural plate border has made it hard to distinguish between the persistence of pluripotent circuits in neural crest vs. the recapitulation of these circuits. A recent single cell analysis of Xenopus embryos (Briggs et al., 2018) identified eight pluripotency genes expressed in neural crest cells (foxd3, c-myc, id3, tfap2, ventx2, ets1, snai1, and oct25) but was unable to find a unique cell cluster expressing all eight genes simultaneously, nor evidence that the eight factors were persisting from earlier precursors. Rather, this single cell analysis suggested that neural crest proceeds through a “classical” neural crest induction pathway, with neural crest arising from neuroectodermal progenitors (Briggs et al., 2018). Moreover, another recent study suggested that the amphibian Nanog pluripotency gene homologue, Ventx2, is expressed broadly in an ectodermal domain that encompasses Pax3- and Zic1-expressing crest precursors (Scerbo and Monsoro-Burq, 2020). While Ventx2 is clearly necessary and in some cases, sufficient for expression of neural crest genes, its major role seems to be in the formation of ectomesenchymal derivatives of the neural crest (Scerbo and Monsoro-Burq, 2020), suggesting that any pluripotency or increased multipotency of crest cells by Ventx2 may be occur secondarily to neural crest induction.

Finally, in addition to simply examining markers of pluripotency, the past 10 years have witnessed enormous progress in defining the transcriptional and epigenetic characteristics of the pluripotent state in mammals and proposing functional assays of varying stringency to demonstrate pluripotency in vitro or in vivo (De Los Angeles et al., 2015; The International Stem Cell Initiative, 2018). The advent of single cell technologies to analyze gene expression, chromatin accessibility, and histone modifications means that it is now feasible to compare the epigenetic and transcriptional states of stem cells as they transition toward a neural crest cell fate. This will resolve the question of which gene regulatory networks governing pluripotency are present in pre-migratory and migratory neural crest cells, and even neural crest-like peripheral glia stem cells (Adameyko et al., 2009; Dyachuk et al., 2014).




HOW INDUCTIVE SIGNALS AND TRANSCRIPTIONAL EFFECTORS FORM DISTINCT, PATTERNED LINEAGES AT THE NEURAL PLATE BORDER


Quality, Quantity, and Duration – Orchestrating Inducing Signals to Form the Neural Plate Border

Studies over the last 40 years have identified secreted signals – FGFs, WNTs, and BMPs that induce and pattern embryonic ectoderm to form the nervous system in a concentration-dependent manner. It is well-established that non-neural genes are induced in embryonic ectoderm by BMP and WNT signaling, whereas WNT and BMP antagonists from the organizer and FGF signaling promote early neural markers (Wilson and Edlund, 2001; Rogers et al., 2009) and subsequently pattern the neural plate along its anterior-posterior axis as FGF and WNT signaling are continuously modulated (reviewed in Stern, 2002; Levine and Brivanlou, 2007). Similar approaches have been used more recently to understand how the same limited set of signals are re-deployed to regulate the narrowing of the border at the edge of the neural plate and further patterning and formation of pre-migratory neural crest and the pre-placodal region (reviewed in Groves and LaBonne, 2014), and we summarize these briefly below.

Pre-placodal induction is regulated by the same signals used to induce the neural plate, although the location and timing of these signals are different from earlier stages when neural induction is initiated. FGFs, such as Fgf8 and Fgf4, are expressed in cranial mesoderm underlying the neural plate border region, and removal or ectopic grafting of this mesoderm can modulate induction of pre-placodal marker genes such as members of the Six and Eya families (Ahrens and Schlosser, 2005; Litsiou et al., 2005). The role of FGFs in this cranial mesoderm was shown by gain- and loss-of-function approaches: FGF8 is sufficient to induce at least some pre-placodal genes, such as Eya2, in competent ectoderm, while inhibition of FGF signaling in chick and Xenopus can downregulate Six and Eya gene expression (Brugmann et al., 2004; Ahrens and Schlosser, 2005; Litsiou et al., 2005). WNT and BMP family members are expressed in non-neural ectoderm lateral and posterior to the pre-placodal region (Wnt8c and Wnt6: Garcia-Castro et al., 2002; Schubert et al., 2002; Kil et al., 2005; Litsiou et al., 2005; Jayasena et al., 2008; BMP4 and 7: Fainsod et al., 1994; Streit et al., 1998; Faure et al., 2002), and several antagonists of both BMPs and WNTs, such as Cerberus and DAN, are expressed in mesoderm beneath the pre-placodal region (Rodriguez Esteban et al., 1999; Ogita et al., 2001; Chapman et al., 2004; Figure 1). This suggests that downregulation or inhibition of both BMP and WNT signaling may promote pre-placodal gene expression at the neural plate border, and this was again shown by gain- and loss-of-function approaches: WNT activation reduces expression of Six and Eya genes, whereas WNT inhibition expands the expression domain of these genes (Brugmann et al., 2004; Litsiou et al., 2005). Similarly, BMPs can block expression of pre-placodal genes, whereas BMP inhibition expands the expression of pre-placodal genes (Ahrens and Schlosser, 2005; Litsiou et al., 2005; Kwon et al., 2010).

As discussed above, some genes considered to be neural crest markers are expressed in pluripotent tissue in amphibians and mammals, and some early crest markers, such as Pax7, are expressed in epiblast prior to formation of the definitive neural plate (Basch et al., 2006; Betters et al., 2018; Prasad et al., 2019, 2020). Nevertheless, neural crest induction has classically been considered to occur as a result of interactions between the neural plate and non-neural ectoderm (reviewed in Sauka-Spengler and Bronner-Fraser, 2008; Milet and Monsoro-Burq, 2012; Prasad et al., 2012; Begbie, 2013). FGFs, BMPs, and WNTs have been implicated in crest induction, with FGF and WNT signaling acting at early stages (Mayor et al., 1997; LaBonne and Bronner-Fraser, 1998; Villanueva et al., 2002; Monsoro-Burq et al., 2003, 2005; Stuhlmiller and Garcia-Castro, 2012), and crest induction being maintained and further promoted by WNTs from the neural folds and BMPs in the dorsal neural folds and surrounding epidermis (Garcia-Castro et al., 2002; Steventon et al., 2009; Figure 1).



Incomplete Picture of the Interplay Between the Inductive Signaling Pathways

It has been difficult to untangle how FGF, BMP, and WNT signals are interpreted to yield very different fates at the neural plate border. Cells at the developing border region receiving these signals are within a few cell diameters of each other, and so explaining border differentiation by simple spatial gradients of these three signals cannot easily explain how such very different lineages develop in close proximity. Most of the studies described above have tended to focus on one particular neural plate border derivative and a handful of the respective lineage-specific markers without considering the effects of their experimental manipulations on other border lineages. It has also proven difficult to visualize the levels of BMP, FGF, or WNT signaling at the neural plate border in real time to observe how different cells at the border respond to these signals dynamically. Recently, Warmflash et al. have made use of simplified in vitro systems in which human embryonic stem cells are allowed to self-organize on micro-patterned surfaces to generate different embryonic derivatives (Warmflash et al., 2014; Deglincerti et al., 2016; reviewed in Heemskerk and Warmflash, 2016). This approach allows fine control of the level and duration of inducing signals and the patterned structures can be examined at different times to determine the timing of differentiation. This approach has recently been used to investigate patterning of the neural plate border (Britton et al., 2019). Here, the authors carefully varied the strength and duration of WNT and BMP signals to devise a protocol that used an initial phase of SMAD2/3 inhibition to simulate the differentiation of ectoderm by Nodal antagonists, followed by exposure to BMP4 and a subsequent exposure to WNT inhibitors to curtail the endogenous WNT signals arising in the micro-patterned cultures. The combined effect of this protocol produced a central zone of neural tissue (expressing Sox2, Pax6, and N-cadherin), surrounded by a ring of neural crest tissue (expressing Sox9 and Pax3), a ring of pre-placodal tissue (expressing Six1), and an outer layer of non-neural ectoderm (expressing AP2α, Gata3, and E-cadherin; Britton et al., 2019). These remarkable results showed the importance of precisely controlling the level and duration of BMP and WNT signaling in neural crest and placode formation but also emphasize the utility in allowing progenitor cells to achieve this differentiation through self-organization; for instance, increased WNT ligand concentration or delayed WNT inhibition in the induced ectoderm favors the neural crest fate over the pre-placodal domain. The ability to rapidly modify embryonic stem cell lines using CRISPR means that it will be possible to over-express or inactivate individual genes in this system in a temporally and spatially controlled manner, and also to use cells expressing reporters for FGF, BMP, and WNT signaling to visualize the cell-cell interactions as the neural plate border derivatives self-organize. Although undoubtedly simplified, such self-organizing in vitro systems are likely to generate new hypotheses for border formation that can be tested in embryos.



Transcriptional Cross-Activation and Cross-Repression as a Mechanism for Self-Organizing Fates at the Neural Plate Border

Visualizing the formation of the neural plate border with immunostaining or in situ hybridization for markers of the different border derivatives shows that the boundaries between cells differentiating into different derivatives are initially very imprecise and then sharpen into clear domains (reviewed in Streit, 2007; Groves and LaBonne, 2014; Pla and Monsoro-Burq, 2018). As described above, this same process of self-organization and refinement has recently been demonstrated in micropatterned cultures of embryonic stem cells (Britton et al., 2019). Although the local cell-cell interactions that lead to this refinement are currently still poorly understood, a large body of work has suggested that transcription factor interactions within a given cell can lead to selection of one fate over another. Broadly speaking, two mechanisms underlie this transcriptional refinement: Transcription factors specific to a given lineage mutually promote each other’s transcription, while transcription factors specific to different lineages tend to mutually repress each other in the same cell (reviewed in Grocott et al., 2012; Groves and LaBonne, 2014). We summarize some of these interactions below.

Over-expression and knockdown studies in different species have demonstrated cross-repressive interactions between transcription factors expressed in early non-neural ectoderm and transcription factors expressed in the definitive neural plate. For example, over-expression of Dlx, Gata, Msx, Foxi, and Ap2 factors repress neural markers such as Sox2, whereas knockdown of the same genes expand the neural plate at the expense of non-neural ectoderm (Feledy et al., 1999b; Luo et al., 2001; McLarren et al., 2003; Tribulo et al., 2003; Woda et al., 2003; Matsuo-Takasaki et al., 2005; Linker et al., 2009; Kwon et al., 2010; de Crozé et al., 2011; Pieper et al., 2012). Conversely, positive autoregulatory interactions between non-neural genes can sharpen the boundary between neural and non-neural domains (Kwon et al., 2010; Pieper et al., 2012). For example, Ap2c, Foxi1, and Gata2 positively regulate one another’s expression in the zebrafish border region once they have been induced by BMP signaling (Kwon et al., 2010; Pieper et al., 2012; Bhat et al., 2013). As the pre-placodal region begins to differentiate, similar cross-repressive and autoregulatory interactions within this region and with adjacent non-neural ectoderm appear to refine its boundaries. For example, Dlx family member expression can upregulate expression of both Six and Eya pre-placodal genes and knockdown of the same Dlx genes can repress pre-placodal gene expression (Solomon and Fritz, 2002; McLarren et al., 2003; Kaji and Artinger, 2004; Esterberg and Fritz, 2009; Pieper et al., 2012). Foxi3 and Dlx5 can activate each other in chick ectoderm, and a similar positive relationship has been demonstrated between Foxi3 and Six1 (Khatri et al., 2014). In amphibians, Iroquois (Irx) transcription factors are expressed in the pre-placodal region immediately before Six and Eya genes and can positively regulate their expression (Gomez-Skarmeta et al., 1998; Goriely et al., 1999; Glavic et al., 2002, 2004; Khudyakov and Bronner-Fraser, 2009). Neural crest progenitors also appear to become distinct from other border derivatives by the same kinds of transcriptional dynamics. As crest cells appear at the neural plate border region, early components of the neural crest gene regulatory network, such as Pax3 or Pax7, are expressed at the future neural plate border over-lapping with genes such as Dlx5/6, Gata2/3, Foxi1/3, Msx1/2, Zic1, Gbx2, and Ap2 (Basch et al., 2006; Khudyakov and Bronner-Fraser, 2009; Murdoch et al., 2010, 2012; Grocott et al., 2012; Milet et al., 2013). Some of these genes, such as Msx1/2, Zic1, and Foxd3, will eventually localize with Pax3 or Pax7 to the neural folds where neural crest forms (Hong and Saint-Jeannet, 2005; Betancur et al., 2010) and some of these changes are driven by repression – for example, the pre-placodal gene Six1 can repress the neural crest factors Msx1 and Foxd3, whereas Pax7 and Msx1 repress Six1 (Sato et al., 2010); and downregulation of Axud1, a WNT-responsive gene upstream of Foxd3 neural crest program can upregulate Six/Eya expression (Simões-Costa et al., 2015).

It is important to note that the majority of these studies characterizing cross-repressive and autoregulatory interactions at the neural plate border have used over-expression of transcription factors or knockdown or dominant-negative inhibition of transcription factor function (for example, Maharana and Schlosser, 2018). There is a need for lineage tracing to directly visualize the conversion of one cell type into another as the neural plate border lineages segregate. For example, lineage tracing of Six1-expressing progenitors with Cre mice could be used to demonstrate repression of Six1 by Msx1 or Foxd3 in nascent neural crest cells – in this example, a suitably sensitive Six1-Cre line might label some pre-migratory or migratory neural crest derivatives. Similarly, the use of single cell RNA-seq technology to interrogate the border region might be able to identify intermediate cells expressing genes of two or more ectodermal derivatives as the four domains segregate from each other.




EVOLUTION OF THE NEURAL PLATE BORDER IN CHORDATES AND THE “NEW” VERTEBRATE HEAD

As animals diverged from a purely filter-feeding aquatic lifestyle to develop more complex predation behavior, the anterior head began to develop jaws (in gnathostomes) and the anterior sensory organs became more complex. This generation of a “new head” in vertebrates was a consequence of the emergence of migratory neural crest cells and invaginating placodes from the neural plate border region (Gans and Northcutt, 1983; Northcutt and Gans, 1983; reviewed in Patthey et al., 2014; Schlosser et al., 2014). It is now well-accepted that the gene regulatory networks and inductive signals that induce and pattern the vertebrate CNS are conserved to a large degree in cephalochordates (amphioxus) and urochordates (tunicates and appendicularians; reviewed in Holland, 2009). The presence of a clearly patterned anterior CNS in non-vertebrate chordates raised the controversial question of whether any cells resembling neural crest or placodal derivatives could be found in these close vertebrate relatives. It is now becoming clear from work over the past two decades that these vertebrate innovations likely began to emerge in rudimentary forms in non-vertebrate chordates, and that at least some elements of the gene regulatory networks and the secreted signals that activate them at the vertebrate neural plate border can be seen in sister chordates groups. We first describe evidence for neural crest- and placode-like elements in urochordates and cephalochordates and then summarize recent work that suggests a conserved molecular and genetic basis for their formation with vertebrates.


Evidence for Neural Crest and Placodal Rudiments in Non-vertebrate Chordates

Though urochordates and cephalochordates do not possess a complex head and numerous paired sensory organs like most vertebrates, several putative precursors of placodal and neural crest derivatives can be found (Gans and Northcutt, 1983). The presence of crest- and placode-like derivatives in amphioxus has been recently reviewed in depth by Schlosser (2017). Although amphioxus does not possess clear organized cranial sensory organs, several scattered primary and secondary sensory cells, with chemo- and/or mechanosensory roles, are spread along the anterior-posterior axis of the animal that delaminate from the non-neural ectoderm and migrate (Figure 3). Just behind the oral opening, Hatschek’s pit, a structure containing both exocrine and endocrine cells, has been proposed to be a homologue of adenohypophyseal and olfactory placodes. Some gonadotropin releasing hormone (GnRH)-expressing neurons can be observed in the CNS of amphioxus (for example, Castro et al., 2003), although the presence of GnRH reactivity in Hatschek’s pit is less certain (Castro et al., 2006). However, this organ is not derived in its entirety from the ectoderm, like the vertebrate adenohypophysis is. It is also not connected to the CNS like neurosecretory cells, thus offering key compelling arguments against this homology, as elaborated in the review by Schlosser (2017). Finally, small collections of ciliated cells, the corpuscles of de Quatrefages have been observed in anterior regions of amphioxus (Baatrup, 1982). Though hypothesized to be mechanoreceptive, the function of these cells is still uncertain (Schlosser, 2017). Although the cephalochordates do possess pigment cells and sensory neurons (Holland and Holland, 2001; Holland, 2009), migratory cells arising at the neural plate border or in the neural tube have not been observed. Rather, the peripheral sensory neurons of amphioxus arise in the ciliated epidermis, shed their cilia, and delaminate and migrate dorsally toward the neural tube before re-inserting into epidermis and sending projections in the CNS (Kaltenbach et al., 2009).

[image: Figure 3]

FIGURE 3. Evolution of the neural plate border in chordates. The diagrams compare the neural plate border (neural – salmon; non-neural – blue) derivatives between different taxa within the phylum Chordata. The vertebrate neural plate border gives rise to two distinct cell populations – the placodes (purple) that thicken and invaginate in the anterior embryo and the neural crest cells (green) that migrate along the entire length of the embryo except for the anterior neural fold (black arrows show migratory properties). However, this feature is an evolutionary novelty in vertebrates. The embryos from the sister clade, urochordates, have a molecularly distinct border region with several gene markers common with the vertebrates (magenta and light green); however, the crest-like migratory cell populations (light green) are relatively limited, such as the bipolar tail neurons. Cephalochordates, the phylogenetic neighbors considered less evolved to tunicate-vertebrate group, have some migratory epidermal sensory cells (pink) with similar molecular signatures to the vertebrate placodes; however, these are largely scattered individual cells that delaminate from the ectoderm much lateral to the neural/non-neural boundary.


Urochordates are considered the closest extant taxa to vertebrates. The tunicate Ciona has become a popular non-vertebrate model system to study nervous system evolution. In its embryonic (or larval) form, Ciona shares many similarities with vertebrate embryonic development. Until recently, few obvious signs of neural crest-like derivatives could be observed in Ciona larvae. In 2012, Levine et al. reported the presence of pigmented cells in the larval CNS of Ciona (Abitua et al., 2012). Although these cells underwent an epithelial-mesenchymal transition, they remained in the larval neural tube. However, they could be induced to become migratory by the misexpression of the Twist gene that regulates migratory behavior in vertebrate neural crest (reviewed in Kuriyama and Mayor, 2008). This suggests that elements regulating two aspects of neural crest behavior – epithelial-mesenchymal transition and melanocytic differentiation – may have arisen in Ciona before the co-option of genes allowing those cells to become migratory. More recently, analysis of the embryonic origins of bipolar tail neurons in Ciona revealed that their progenitors originate in the posterior lateral neural plate ectoderm, delaminate and migrate to the middle of the larval tail, ultimately sending one process to the tip of the tail and the other to the hatchling brain (Stolfi et al., 2015; Horie et al., 2018; Figure 3). Although these migrating cells expressed some genes observed in migratory neuroblasts, such as orthologues of Neurog and Isl family members (Stolfi et al., 2015), they did not express genes typically associated with migratory neural crest. This suggests that the migratory bipolar tail neuron progenitors may represent an intermediate evolutionary phase between a neuroepithelial cell and the bona fide crest cells of vertebrates.

Ciona also has a number of cell types that can be considered homologous to anterior placodal derivatives. For example, the Ciona larva contains GnRH-expressing neurons that persist beyond metamorphosis (Abitua et al., 2015) and may be considered homologous to neurons derived from the olfactory or adenohypophyseal placodes of vertebrates, although evidence for expression of additional markers of these placodes in Ciona would provide a more solid foundation for such homology. They also contain neurons in their adhesive palps that arise from the edge of the larval neural plate (Wagner et al., 2014; Horie et al., 2018) that have been proposed to act as both chemo- and mechanosensors. In addition, cells resembling mechanosensory hair cells have been observed lining the atrial siphon of mature tunicates, where they have been proposed to help detect water flow (Manni et al., 2004; Burighel et al., 2010). The progenitors for these placode-like derivatives can be traced back to the ectoderm lateral to the neural plate (the neural plate border) of the gastrula that also express elements of the pre-placodal gene regulatory network (see below).



Conservation of Inductive Signals and Molecular Elements of Crest and Placode Gene Regulatory Networks in Non-vertebrate Chordates

Several inductive signals that pattern the anterior epiblast and the border region that arises from the interaction of neural and non-neural ectoderm are also conserved across chordates. Similar to vertebrates, cephalochordates, and many other bilaterian taxa, employ BMP signaling to defining neural vs. non-neural identity with high BMP2/4 signaling activating epidermal fate genes, and regions of low BMP signaling, promoted by BMP antagonists (like chordin) forming a central neural ectoderm (Yu et al., 2007, 2008; Benito-Gutiérrez and Arendt, 2009; Niehrs, 2010). Similar to vertebrates, upregulation or exogenous exposure to BMP signaling in amphioxus favors the epidermal fate (Yu et al., 2008). BMP/Chordin interactions are involved in neural plate patterning in tunicates too, however, the effect of BMP over-expression is limited as early neural markers are still detected (Darras and Nishida, 2001; Lemaire et al., 2008). Protochordates also exhibit regional neural and non-neural transcription factor expression domains, neural/dorsal (SoxB and Zic), and non-neural/ventral (Dlx3/5, AP2, and Msx1) ectoderm (Sharman et al., 1999; Meulemans and Bronner-Fraser, 2004; Yu et al., 2008), molecular expression boundaries that narrow with time. In amphioxus, the lateral neural plate also expresses Pax3/7 and Snail, markers associated with neural plate border and neural crest cell development in vertebrates (Yu et al., 2008). Though, Six/Eya expression has not been observed in the amphioxus lateral neural plate or the adjacent non-neural ectoderm, Six1/2 expression has been observed in the Hatschek’s pit (possible analog to the vertebrate adenohypophysis) and epidermal sensory cell patches in late neurula stages (Kozmik et al., 2007).

Though the ascidian embryos differ from the vertebrates and amphioxus, since the cells divide and select a fate based on their lineage instead of a field of equipotent cells exposed to diffusing morphogenetic cues, the row of cells at the dorsal-most non-neural ectoderm in the Ciona gastrula has been shown to express Six1/2, Pax3/7, and Msxb (Horie et al., 2018), some of the definitive markers for the vertebrate neural plate border ectoderm (reviewed in Schlosser et al., 2014; Thiery et al., 2020). Through lineage tracing experiments and cellular fate maps of Ciona, we know that the Six1 and Foxg cells contribute to the sensory organs like the palp adhesive organs and the oral siphon primordium (Mazet et al., 2005; Liu and Satou, 2019), whereas Msxb domain contributes to the bipolar tail neurons (Horie et al., 2018). FoxG1 transcription factor labels olfactory, optic, and otic placode in vertebrates (Hebert and McConnell, 2000; Duggan et al., 2008; Ermakova et al., 2019). It has been suggested that the neural plate border of the Ciona embryo is compartmentalized into anterior and posterior domains with Six1 and Msxb expression, comparable to vertebrate pre-placodal and neural crest progenitors, respectively. In fact, these domains can be transformed into each other in misexpression experiments (Horie et al., 2018). Additionally, another ascidian sensory patch called the atrial siphon primordium expresses HrPax-258 (Wada et al., 1998), a homologue of the vertebrate Pax2/5/8 gene family expressed in the otic-epibranchial placodal domain (Groves and Bronner-Fraser, 2000; Saint-Jeannet and Moody, 2014). Early neural crest cell markers like Pax3/7 are also expressed in cephalochordates and urochordates; however, many other classic neural crest cell markers like FoxD and Twist are largely absent from the ectoderm. Twist over-expression in the cephalic melanocyte lineage in Ciona enables those cells to migrate in a manner reminiscent of ectomesenchyme derivatives of neural crest cells (Abitua et al., 2012). In amphioxus, a defined and continuous Six/Eya-positive pan-placodal domain is absent around the neural plate compared to the other chordates. However, some Six/Eya-expressing patches can be found at later stages of development as scattered sensory cells and the Hatschek’s pit (Kozmik et al., 2007; Schlosser et al., 2014; Schlosser, 2017). Broad AmphiMsx expression is observed in the lateral ectoderm of the late gastrula; however, the expression becomes confined to the neural tube over time only to reappear at the presumptive location of the corpuscles of de Quatrefages at the larval stages; evidence for the lineage of these AmphiMsx patches is lacking (Sharman et al., 1999). Furthermore, use of an AmphiFoxD (homologue of vertebrate FoxD) enhancer to drive a GFP reporter in chick embryos shows the labeled cells localize to the neural tube, somites, and notochord but not the migrating neural crest cells, indicating that the amphioxus enhancer lacks the cis-regulatory elements for expression in migrating crest cells (Yu et al., 2008). The expression of these border region genes indicates protochordates possess the ability to segregate neural and non-neural ectoderm, with the tunicate-vertebrate clade gaining a defined border domain that gives rise to sensory cells. Despite the molecular and patterning similarities, these protochordate cells are not bona fide neural crest cells and placodes since they lack the capacity for invagination or long-range migration or the ability to generate various cell types of the ectomesenchyme, as seen in the vertebrate head.

Both neural crest cells and placodes arose around the same time during evolution, generate some similar cell types (sensory neurons), and a portion of these cells possess migratory properties. Furthermore, as described above, these cells in the invertebrate chordate lateral non-neural ectoderm or the neural ectoderm express transcription factors homologous to the neural crest progenitors and pre-placodal domain. This raises the question of whether basal chordates or early vertebrates possessed a hybrid neural border cell population, a common ancestral cell type to neural crest and pre-placodal progenitors (reviewed in Schlosser, 2008).



Probing an Ancient Border With Modern Tools

The invertebrate chordates do not have placodes or neural crest cells similar to the vertebrate taxa; however, scattered cells and patches that possess comparable molecular characteristics and sometimes migratory properties of ectodermal patterning during late gastrulation/early neurulation can be used to track the origins of the gene regulatory networks that gave rise to the neural plate border of vertebrates. Comparative studies across the evolutionary spectrum can also shed light on the role of signaling pathways and transcription factors for cell type-specific development. For example, single cell RNA- and ATAC-sequencing of mammalian hair cells and the ciliated primary sensory cells of the ascidians could compare the transcriptomic and epigenomic regulation of fate specification in the two taxa.

Another unaddressed question that has been debated for several decades is whether neural crest cells and the pre-placodal domain share a common evolutionary origin. The two cell populations form adjacent to each other at the neural plate border during early epiblast development, the cells possess migratory properties, they migrate along the same “corridors” during neurulation (Steventon et al., 2014), and the two lineages share some resultant cell fates like sensory neurons. Fine signaling pathway or transcription factor misexpressing easily transforms one cell type to another as demonstrated, for example, in tunicate embryos in Horie et al. (2018) and in vitro ectodermal patterning by Britton et al. (2019). A detailed review by Schlosser (2008), however, argues against this, since the neural crest cells are specified and migrate from the neural plate border before the placodes, and many cell fates are exclusive to each of the lineages – only neural crest cells make bone and cartilage, while only placodes form specialized mechano- or chemoreceptive sensory cells. Also, the defining gene regulatory networks of placodes (Six/Eya) and neural crest cells (Pax3/Msx/FoxD) are quite different. For further evidence for the interplay of these gene regulatory networks, we need a comprehensive comparison of active, repressed, and accessible genome loci across the two neural plate border lineages during late gastrulation and early neurulation stages. Single cell transcriptomics studies in Ciona show that misexpression of anterior lateral plate border genes (like Foxc) in the posterior counterpart (Pax3/7) result in transformation to the anterior fate along with a significant number of cells with a hybrid anterior-posterior lateral plate border transcriptome (Horie et al., 2018), supporting the theory of a multipotent intermediate cell population at the border that gives rise to crest-like and placode-like cells.

The question remains as to what mechanisms localized the proto-neural plate border gene regulatory network to the edge of the neural plate during evolution. How did transcription factors that define border populations such as Six/Eya/Pax genes gain regulatory elements regulated by WNT/BMP/FGF signaling that allowed their expression in a domain separate from neural and non-neural ectoderm? Many such questions remain to be explored in the field of early ectodermal patterning in chordates and with the emergence of novel tools to probe gene expression and regulation at the single cell level, we can continue to piece together the mystery of neural plate border induction, specification, and lineage commitment.




CONCLUSION: TOWARD A MULTI-OMICS INVESTIGATION OF THE NEURAL PLATE BORDER REGION

Many questions in the field of neural plate border development remain to be addressed. How do cells segregate from pluripotential epiblast cells to one of four lineages; each remaining multipotent but nonetheless distinct and restricted in their fates from the other lineages? What is the precise combination of WNT/BMP/FGF signaling that gives rise to each of the four ectodermal cell fates, and what is the downstream signaling cascade for each lineage? Do the neural crest progenitors and pre-placodal ectoderm arise from a common pool of cells at the border region in a hybrid stage, or do they come from the neural and non-neural ectoderm respectively? Is the chromatin conformation of the border irreversible at early developmental stages when the first neural crest cell or pre-placodal marker expression is observed, or does it remain plastic? Do neural crest cells retain some or all aspects of pluripotency? How similar are the cell types that originate in the non-neural ectoderm adjacent to the neural plate in protochordates to those in vertebrates that generate sensory patches and organs? To address these questions, we need to follow the transcriptomic and epigenomic states of cells at the neural plate border in the medial-lateral as well as anterior-posterior axes.

Embryonic cellular maps are difficult to construct due to the rapidly changing nature of embryonic tissue, unlike the atlases of adult organs. Histochemical methods can only reveal spatial expression of certain known genes and proteins in the organism, with further limitations pertaining to lack of cross-species utility of those tools. Introduction of single cell sequencing techniques in the last decade has finally made it possible to observe a more holistic picture of a developing cell and its state at a particular point in embryonic time. Single-cell level transcriptomic, epigenomic, and other sequencing techniques provide the necessary apparatuses to capture the dynamic state of the developing embryo to track lineages, observe fate specification, and study the multipotency of the differentiating cells. Several recent studies present a comprehensive atlas of different cell types of the developing mouse embryos pre-gastrulation (Mohammed et al., 2017; Cheng et al., 2019) and from gastrulation to organogenesis (Pijuan-Sala et al., 2019). Statistical clustering of single cells can be used to discover previously unidentified or non-distinct cell populations as well as observe detailed similarities and differences in the transcriptional states of known cell types. Molecular maps of cell lineage induction and specification can be gathered by profiling the tissue of interest from multiple ages simultaneously, which can further help to understand the gene regulatory networks involved. For example, Pijuan-Sala et al. (2019) show the origins of endodermal lineages in the mouse embryo during gastrulation and identify a population of early myeloid progenitors that can contribute to microglia. A similar analysis in tunicate embryos permitted virtual lineage tracing of the nervous system. This transcriptomic study revealed molecular similarities between the vertebrate telencephalon and the anterior domain of the tunicate embryo (palp sensory cells and anterior sensory vesicle) supporting the idea that protochordate ectodermal gene regulatory modules must have evolved to expand the vertebrate forebrain (Cao et al., 2019). It will be possible to compare the transcriptomic profile of bipolar tail neurons, atrial siphon primordium, oral siphon primordium, and palp organs with vertebrate transcriptomes of crest and placode derivatives to comprehensively explore the parallels between vertebrate and protochordate neural plate border ectoderm development.

As a complement to single cell RNA sequencing, multi-color imaging methods like RNAscope or in situ Hybridization Chain Reaction can be used to record and validate spatial expression of key genetic variations observed in cell clustering (Choi et al., 2016; Lignell et al., 2017). The neural plate border region of the chordates is only a few cells thick and techniques like Slide-seq and MERFISH may be able to give higher resolution spatial information of the cellular transcriptome during border development (Chen et al., 2015; Rodriques et al., 2019). While the former method transfers single cell thick tissue sections onto a single cell RNA sequencing grid (Rodriques et al., 2019), the latter method probes the same tissue sections for thousands of RNA transcripts by using a robust multichannel ISH technique (Chen et al., 2015); both methods provide a spatial context to the transcriptomic profiles. Depending on the cellular resolution of these techniques, they may be useful for parsing out the cellular identities at the neural plate border region where the four ectodermal lineages are intermingled over just a few cell diameters. For instance, although WNT, BMP, and FGF signaling are important for neural crest progenitors and pre-placodal domain patterning, far less is known of the fine-tuned signaling levels and subsequent cascade of downstream molecules that specify these cell fates. Single cell RNA sequencing techniques can elaborate upon the levels of signaling and expression of respective downstream effectors to delve deeper into the signaling pathway interactions at the neural plate border. Advances in transgenic animal models, CRISPR technology, and high-resolution live imaging of fluorescent reporter of cell signaling can help us visualize signaling spatiotemporally. For example, we can evaluate whether an intermediate cell fate that can give rise to both neural crest cells and placodes exists in the developing epiblast, thereby testing the “binary competence model” of ectodermal patterning (Patthey et al., 2014; Schlosser et al., 2014).

Ideally, we would want to interrogate the expression levels and cell state of every cell in an embryo at a chosen state of development and be able to track each individual cell through time and space. However, sequencing technologies are often not a comprehensive picture of the cell states with anywhere between 16 and 62% coverage of the cells at the early embryonic development stages observed with each individual cell identified with only a couple of thousand transcripts (Tam and Ho, 2020). Although it is enough to cluster the single cells identified, the studies may give an incomplete picture of the transitional states due to insufficient sequencing depth. With the realistic limitations of the technology, integrating databases across published studies can help us trace the lineage of cell clusters along the developmental timeline (Tam and Ho, 2020). Alternatively, higher sensitivity but lower throughput techniques, such as MATQ-seq and SMARTer-seq, can detect a higher number of genes per cell and are useful for a deeper transcriptomic analysis of single cells (Sheng et al., 2017; Verboom et al., 2019). For example, a recent study uses SMART-seq2 to understand the fate programs of neural crest cells with over 7,000 genes detected per cell for a finer understanding of the transcriptomic decisions made by pre-migratory/migratory crest cells as they proceed toward sensory, glial, or mesenchymal fates (Soldatov et al., 2019).

Several key transcription factors like FoxD3, Foxi3, Pax3/7, and Zic have been implicated in broader patterning of the ectoderm around the neural plate border (reviewed in Pla and Monsoro-Burq, 2018). Techniques like ChIP-seq and CUT&RUN can identify the genomic loci bound by a transcription factor of interest, or which genomic loci are “primed” by particular histone modifications (Skene and Henikoff, 2017; Kaya-Okur et al., 2019). Comparison of the transcriptomic and epigenomic data from the neural plate, neural crest, and pre-placodal domain cells can identify “active” transcription loci (SCENIC; Aibar et al., 2017). In addition to the transcriptomic status of the cells at the developing neural plate border region, it remains to be addressed when the cells are fully committed to a lineage. Epigenomic sequencing analysis, such as ATAC-seq, can identify accessible genomic loci available for transcriptional activity. Single cell ATAC-seq is now feasible, and it is now possible to combine scRNA-seq and ATAC-seq in a single cell (for example, Cao et al., 2018; Rosenberg et al., 2018; Reyes et al., 2019). Using this data, we can identify relevant enhancers for lineage specific transcription factors and evaluate plasticity of the cells, whether trans-differentiation is feasible from one ectodermal path to another. For example, combining single cell RNA-seq, ATAC-seq, and ChIP-seq data, Lukoseviciute et al. (2018) identified a bimodal function for FoxD3, a key transcription factor that is important for neural crest specification and differentiation. Their data show that FoxD3 binds to cis-regulatory elements for neural crest specifier genes as an activator, and at later stages, represses mesenchymal and migratory programs to prevent premature differentiation (Lukoseviciute et al., 2018). Yet another transcription factor, AP2 (or TFAP2) has been shown to play a dual role in activating neural crest induction genes (Pax, Zic, and Msx) and, at a later stage of development, neural crest specification genes (FoxD and Sox10). Combining multiple sequencing efforts to collate single cell RNA-seq, ATAC-seq, and AP2 CUT&RUN data shows that this transcription factor performs these two distinct roles based on its dimerization partner (Rothstein and Simoes-Costa, 2020). The ability to interrogate the gene expression, histones, nucleosome availability, and more recently, genome occupancy is finally shedding light on the role of such key transcription factors and signaling cascades for ectodermal patterning to generate and specify distinct lineages.
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Sox transcription factors play many diverse roles during development, including regulating stem cell states, directing differentiation, and influencing the local chromatin landscape. Of the twenty vertebrate Sox factors, several play critical roles in the development the neural crest, a key vertebrate innovation, and the subsequent formation of neural crest-derived structures, including the craniofacial complex. Herein, we review the specific roles for individual Sox factors during neural crest cell formation and discuss how some factors may have been essential for the evolution of the neural crest. Additionally, we describe how Sox factors direct neural crest cell differentiation into diverse lineages such as melanocytes, glia, and cartilage and detail their involvement in the development of specific craniofacial structures. Finally, we highlight several SOXopathies associated with craniofacial phenotypes.
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INTRODUCTION

Since the hallmark discovery of the SRY gene, the master regulator of male sex determination (Gubbay et al., 1990; Lovell-Badge, 2010), twenty mammalian SRY-related HMG box containing (SOX) transcription factors have been identified. A significant number of important developmental functions have been described for Sox transcription factors. These range from maintaining stem cell states to promoting differentiation (reviewed in Kamachi and Kondoh, 2013). The growing number of developmental disorders associated with mutations in SOX genes underscores the importance of these factors during development (Angelozzi and Lefebvre, 2019). In this review we focus on the Sox factors that have roles in the formation of the neural crest as well as those important for the development of cell types within and components of the craniofacial complex. Finally, we highlight the “SOXopathies” that are associated with a variety of craniofacial phenotypes.



SOX TRANSCRIPTION FACTOR FAMILIES

The twenty mammalian Sox factors are divided into nine subfamilies (A, B1, B2-H) based mainly upon the homology of a 79 amino acid DNA binding region termed the High Mobility Group (HMG) domain (Figure 1A; Bowles et al., 2000). Duplication events, slow divergence, and co-option of functional elements are hypothesized to have driven Sox family evolution (Bowles et al., 2000). Consistent with this, members of the same subfamily often having overlapping expression patterns and various degrees of functional redundancy (Figure 1B; Heenan et al., 2016). SOX factors bind DNA at C[A/T]TTG[T/A][T/A] sequences or similar motifs. Notably, the HMG domain binds DNA at the minor groove causing the DNA to bend. This facilitates local chromatin modifications and can increase DNA accessibility for partner factor binding (Hou et al., 2017). Furthermore, some SOX factors (SOX2 and SOX9) have been shown to engage at regions of condensed chromatin and are considered pioneer factors (Adam et al., 2015; Soufi et al., 2015; Julian et al., 2017). SOX2, through the HMG domain, recognizes a degenerate Sox motif on nucleosomal DNA (Soufi et al., 2015). At these degenerate sites less DNA bending occurs which facilitates SOX2 binding on the minor groove of nucleosomal DNA (Soufi et al., 2015). At some of these sites, binding may, in part, be facilitated or stabilized by chromatin-associated proteins such as poly(ADP-ribose) polymerase-1 (PARP-1) (Liu and Kraus, 2017). The extent to which SOX9’s pioneer activity mechanistically mimics that of SOX2 is not known and is an area ripe for future investigation. In order to activate gene expression, SOX factors generally require cooperation with a partner factor (reviewed in Kondoh and Kamachi, 2010). Examples of this include SOX10-MITF pairing during melanocyte specification, SOX2-OCT3/4 pairing in embryonic stem cells, and SOX2-BRN2 pairing in neural progenitors (Ambrosetti et al., 1997; Jiao et al., 2004; Tanaka et al., 2004; Takahashi and Yamanaka, 2006). Sox factors, other than the SoxB2 subfamily, were initially characterized as transcriptional activators, however, it has since been shown that many Sox factors can function as either activators or repressors in a context-dependent manner (reviewed in Chew and Gallo, 2009).
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FIGURE 1. Sox transcription factor subfamiles and their functional domains. (A) Diagram of human SOX proteins grouped by subfamily. Major protein functional domains are depicted as colored boxes: High-mobility group (HMG) domain (light blue), transactivation domain (TAD; green), transrepression domain (TRD; orange), SoxB homology domain (dark blue), coiled-coil (CC) domain (yellow), and dimerization (DIM) domain (purple). (B) Phylogenetic tree depicting Sox subfamily members across key organisms. The emergence of the neural crest (green) in vertebrates coincided with duplication events among various Sox subfamilies, most notably SoxC and SoxE.


Within a Sox subfamily, the structural domains of the proteins outside of the HMG domain are similar, but not identical. These domains include coiled-coiled, dimerization, and transactivation/transrepression domains (Figure 1A). SoxD factors harbor a coiled-coil domain that mediates homo- or hetero-dimerization with other SoxD factors, stabilizing binding to adjacent HMG sites on DNA (Lefebvre et al., 1998). SoxE factors possess a 40 amino acid dimerization (DIM) domain upstream of the HMG domain (Peirano and Wegner, 2000). Their dimerization (homo- or hetero-) is DNA dependent and reliant upon the presence of a palindromic DNA binding sequence (Peirano and Wegner, 2000; Peirano et al., 2000; Schlierf et al., 2002; Huang et al., 2015). While SOXE factors can form heterodimers, they do not appear to dimerize with non-SoxE proteins (Huang et al., 2015; Hou et al., 2017). SoxE factors additionally possess both a C-terminal transactivation domain (TAD) and a second transactivation domain in the middle of the protein (TAM, or K2 domain) (Schreiner et al., 2007). Recent work suggests that these two domains synergize, resulting in a SOXE factor bipartite transactivation mechanism (Haseeb and Lefebvre, 2019). The members of other Sox subfamilies possess a single transactivation/repression domain. Interestingly, Sox transcriptional activity can depend upon whether the transcriptional partner is an activator or repressor (Kamachi and Kondoh, 2013). For example, SOX2-OCT3/4 synergistically activate Fgfr4 expression and the SOX9-SOX5/6 complex activates Col2a1 during chondrogenesis (Ambrosetti et al., 1997; Liu and Lefebvre, 2015). In contrast, SOX9-GLI2/3 represses Col10a1 in non-hypertrophic chondrocytes (Leung et al., 2011). SOX proteins also associate with non-DNA binding cofactors, such as Groucho co-repressors. SOX2-GRG5 represses neural differentiation markers and SOX9-GRG4 represses Dct expression during melanocyte development (Lee et al., 2012; Liu et al., 2014). These findings highlight the importance of cellular context and partner protein/cofactor availability for Sox function.

Sox factors have diverse roles during development and typically members of the same subfamily have similar or redundant functions. The contributions of SoxB1 factors to maintaining pluripotency have been intensely studied (reviewed in Abdelalim et al., 2014), and SOX2 is one of the four Yamanaka factors able to reprogram somatic cells to a pluripotent state (Takahashi and Yamanaka, 2006). Interestingly, other subfamilies of Sox factors are capable of replacing SoxB1 function either during the reprogramming process or in stem cells. SOX15 and SOX18 can substitute for SOX2 during the reprogramming process, but are less efficient (Nakagawa et al., 2008). While SOX17 is not an effective substitute for SOX2, a reengineered SOX17 (SOX17 E122K) reprograms cells with high efficiency (Jauch et al., 2011). Likewise, the reprogramming efficiency of SOX18 increases when it is reengineered to have an analogous point mutation within the HMG domain and the C-terminal of the protein is swapped for the SOX17 C-terminal (Aksoy et al., 2013). The point mutation within the SOX18 HMG domain alone was not sufficient for reprogramming nor was swapping the C-terminal for that of SOX2 (Aksoy et al., 2013). With respect to regulating a stem cell state in embryos, morpholino mediated knockdown of Sox2 and Sox3 in Xenopus leads to a loss of pluripotency and this can be partially rescued by expression of SoxE factors (Buitrago-Delgado et al., 2018). Together these data suggest that while specific subfamilies of Sox factors may be optimized for particular developmental roles, other Sox subfamilies may be able to serve as a substitute, albeit less efficiently. This paradigm is particularly interesting in the context of the neural crest and the retention of embryonic potential in those cells (discussed below; Buitrago-Delgado et al., 2015).



ROLES FOR SOX FACTORS DURING NEURAL CREST FORMATION

The neural crest is a vertebrate specific population of cells that contribute significantly to the vertebrate body plan, including much of the craniofacial complex. In addition to giving rise to the bone and cartilage of the face, the neural crest also give rise to melanocytes, the majority of the peripheral nervous system, and contribute directly to facial structures such as the tongue, teeth, and palate (Chai et al., 2000; Haldin and LaBonne, 2010; Bronner and LeDouarin, 2012; Prasad et al., 2012). Embryonically, neural crest cells (and cranial placodes) arise at the neural plate border which lies between the neural plate and non-neural ectoderm. Gradients of BMP, FGF, and WNT signaling have all been implicated in the establishment of these three regions. The initial formation of the neural plate border occurs in cells with intermediate levels of BMP signaling and high WNT signaling. A unique signature of transcription factors (pax3/7, zic1/2, msx1, myc) define the neural plate border region and these factors subsequently activate the neural crest gene regulatory network (GRN), which includes several Sox factors (Simoes-Costa and Bronner, 2015). Sox2, sox3, sox8, sox9, sox11, and sox15 are expressed within the neural plate border (Figure 2; Spokony et al., 2002; Wakamatsu et al., 2004; O’Donnell et al., 2006; Roellig et al., 2017). SOX2 expressing cells within the neural plate border can contribute to both the neural crest and the non-neural ectoderm, and modulating levels of SOX2 can impact the balance between neural and neural crest domains (Roellig et al., 2017). The observed expression of sox8 and sox9 correlates with the formation of definitive neural crest cells within the neural plate border.
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FIGURE 2. There were boxes subdividing the three sections (A–C) in the submitted figure. These boxes are not present in this proof. Sox factor expression during neural plate border and neural crest formation in Xenopus laevis. (A) Heatmap of Sox gene expression in neural plate border and neural crest cells in Xenopus laevis. High levels of expression are associated with a dark purple while low levels are depicted as white. (B) In situ hybridizations in early neurula Xenopus laevis embryos for sox2, sox3, sox8, sox9, sox11, and sox15. Each of these factors has neural plate border expression (domain most clearly defined by sox8 expression). (C) In situ hybridizations in late neurula Xenopus laevis embryos for sox factors expressed in the neural crest (sox8, sox9, sox10), neural crest + neural plate (sox5, sox13, sox15), and neural plate + placodes (sox2, sox3, sox11).



Sox Subfamily Function During Neural Crest Formation

Sox transcription factors play important roles in controlling the developmental potential of the neural crest progenitor population as well as in their subsequent lineage decisions. Members of the SoxC, SoxG, SoxD, and SoxE families are expressed in the pre-migratory neural crest and functional roles for most of these factors have been reported (Figure 2). By contrast, SoxB1 factors are expressed in the neural plate and pre-placodal ectoderm and can inhibit neural crest formation (Wakamatsu et al., 2004; Roellig et al., 2017; Buitrago-Delgado et al., 2018). SoxC factors (sox4/11/12) are expressed in the neural crest and the neural plate of Xenopus and lamprey (Petromyzon marinus) embryos and seem to have evolutionarily conserved functions. Loss of function experiments for SoxC factors resulted in failed neural crest formation in both species (Uy et al., 2015). SoxC factors are also expressed in migrating neural crest, but a requirement for these factors during migration or subsequent lineage diversification has yet to be described (Cizelsky et al., 2013; Uy et al., 2015). Similarly, the SoxG family member, Sox15, is expressed in the pre-migratory neural crest, but a role for Sox15 in neural crest development has yet to be reported. Interestingly, Sox15 is expressed in mouse embryonic stem cells and, like SOXB1 proteins, can associate with OCT3/4 (Maruyama et al., 2005). While Sox15-null mice are viable, it is possible that SOX15 function is redundant to that of SOXB1 factors in ES cells. As neural crest cells retain stem-cell like potential, it would be interesting to investigate if SOX15 plays a role in controlling the developmental potential of these cells (Buitrago-Delgado et al., 2015).

Of the three SoxD family members, Sox5 and Sox13 are expressed in the forming neural crest; however, only a role for SOX5 has been reported in these cells. SOX5 is expressed in the pre-migratory neural crest in both chick and Xenopus embryos. Loss of function experiments demonstrated that Sox5 is necessary for neural crest, placode, and neural plate border formation. Interestingly, increasing Sox5 levels phenocopies these effects (Nordin and LaBonne, 2014), suggesting that maintaining the correct level of sox5 expression is key to proper neural crest formation. Sox5 can serve as an effector of BMP signaling in the ectoderm (and in other biological contexts). Through its central coiled-coil domain, Sox5 physically interacts with BMP R-Smad complexes and promotes activation of BMP target genes (Nordin and LaBonne, 2014). Since BMP signaling is essential for neural plate border/neural crest formation, Sox5 likely aids in activation of BMP targets in neural plate border/neural crest cells. Expression of sox5 persists as neural crest cells migrate, and overexpression of sox5 results in both a delay in migration and an increase in the total number of neural crest cells (Perez-Alcala et al., 2004; Nordin and LaBonne, 2014). Whether this increase is at the expense of other cell types in the ectoderm remains to be determined.

The evolutionary emergence of the neural crest correlated with the duplication, diversification, and neofunctionalization of a single ancestral SoxE gene (Tai et al., 2016). Where it has been examined, vertebrates possess two/three SoxE paralogs (Tai et al., 2016). SoxE factors have been shown to be required for neural crest formation across multiple species (Spokony et al., 2002; Honore et al., 2003; Hong and Saint-Jeannet, 2005; Taylor and LaBonne, 2005; O’Donnell et al., 2006; Buitrago-Delgado et al., 2018). Interestingly, the temporal order of SoxE gene expression within the neural crest differs across species. In Xenopus, sox8 is expressed first followed by sox9 then sox10 (O’Donnell et al., 2006; Buitrago-Delgado et al., 2018). In chick and mouse, Sox9 is the first SoxE factor to be expressed within the neural crest followed by Sox10 then Sox8 (Cheung and Briscoe, 2003). In zebrafish, sox9a and sox9b expression precedes that of sox10 in the neural crest while sox8 is not expressed in these cells (Dutton et al., 2001; Li et al., 2002; Yan et al., 2005). The varied timing of Sox expression is consistent with a high degree of functional redundancy among these factors. In the agnathan, Petromyzon marinus, SoxE1 and SoxE2 are expressed in the neural folds and migrating neural crest while SoxE3, the ortholog to Sox9 in gnathostomes, lacks early embryonic expression (McCauley and Bronner-Fraser, 2006). The differences in order of expression and function between agnathan and gnathostome SoxE factors may suggest independent divergence from the ancestral SoxE (Lakiza et al., 2011).

Evidence across multiple organisms suggests that while SoxE factors are required for neural crest formation, the individual factors may be functionally redundant. Loss of function studies in Xenopus demonstrated that sox8, sox9, and sox10 are necessary for neural crest formation and proper migration (Spokony et al., 2002; Honore et al., 2003; Taylor and LaBonne, 2005; O’Donnell et al., 2006). The neural crest can be rescued in Sox8 morphants by any of the SoxE factors suggesting there is functional redundancy between the SoxE factors (Taylor and LaBonne, 2005; O’Donnell et al., 2006). By contrast, murine SoxE mutants do not have obvious early neural crest defects. Sox8 null mice are viable with no obvious morphological defects suggesting that during mammalian development the other SoxE factors are able to compensate for loss of Sox8 (Sock et al., 2001). Additionally, the neural crest in Sox9fl/fl;Wnt1Cre embryos migrates normally to the craniofacial complex; this suggests that neural crest formation is not altered in these conditional mutants; however, increased apoptosis has been observed in the trunk neural crest of Sox9–/– mice (Cheung et al., 2005). The Sox9fl/fl;Wnt1Cre mice do, however, have major craniofacial defects, as discussed below (Mori-Akiyama et al., 2003). In Sox10lacZ/Sox10lacZ mice and Sox10 hypomorphs, neural crest formation and migration is not altered (Britsch et al., 2001; Schreiner et al., 2007). Again, this suggests that the other SoxE factors can compensate for the loss of a single SoxE factor during neural crest formation. In contrast, during neural crest cell differentiation, each SoxE factor may have unique functions. This is evidenced by Sox10Sox8ki/Sox8ki embryos, where Sox8 has been inserted into the Sox10 locus. These mice still have severe enteric nervous system defects and lack melanocytes which phenotypically parallel a loss of Sox10 (Kellerer et al., 2006).



Post-translational Modifications of SOX Proteins in the Neural Crest

SOX proteins undergo a number of post-translational modifications, including: acetylation, methylation, phosphorylation, SUMOylation, and ubiquitination (Williams et al., 2019). Several of these modifications have been shown to impact neural crest development (Huang et al., 2000; Taylor and LaBonne, 2005, 2007; Sakai et al., 2006; Lee et al., 2012; Liu et al., 2013). Phosphorylation of SOX9 at serine 64 and serine 211, conserved residues in amniotes, by PKA increased SOX9 DNA-binding affinity at a Col2a1 enhancer element and promoted reporter activation (Huang et al., 2000). Furthermore, phosphorylation of the analogous serine residues in chick is required for delamination of trunk neural crest cells (Liu et al., 2013). Delamination is mediated through SOX9-SNAI2 interaction, and phosphorylation of SOX9 is required for this pairing. Additionally, SOX9 serine 64 and serine 181 phosphorylation (in chick) promotes SOX9 SUMOylation (Liu et al., 2013). SOX9 SUMOylation is not required for trunk delamination, but SUMOylation state impacts neural crest cell formation (Taylor and LaBonne, 2005; Liu et al., 2013). Blocking Sox9 SUMOylation promotes neural crest formation whereas constitutively SUMOylated Sox9 represses neural crest formation (Taylor and LaBonne, 2005). Sox9 inhibition of the neural crest state is mediated through SUMO-dependent recruitment of the Groucho family protein Grg4, which is a transcriptional co-repressor (Lee et al., 2012). The SUMOylation state of Sox9 also influences inner ear development. A constitutively SUMOylated form of Sox9 promotes otic vesicle formation whereas a form of Sox9 that cannot be SUMOylated inhibits ear formation, but promotes ectopic melanocytes (Taylor and LaBonne, 2005).

Likewise, SOX10 is SUMOylated at three conserved lysine residues (Taylor and LaBonne, 2005; Girard and Goossens, 2006). SUMOylation state of SOX10 does not impact nuclear localization or the ability of SOX10 to bind DNA; however, it inhibits the transcriptional activation of target genes such as MITF (Girard and Goossens, 2006). Furthermore, it was demonstrated that SUMOylation interferes with the ability of SOX10 to synergize with PAX3 to activate MITF gene expression. This was also true for SOX10 and ERG2 and their target GJB1 in Schwann cells (Girard and Goossens, 2006). Whether this relationship between SOX10 SUMOylation state and transcriptional activation is true for all target genes is yet to be determined. It is likely, however, that this relationship is more complex and context dependent as observed with other transcription factors (Long et al., 2004; Taylor and LaBonne, 2005; Rosonina et al., 2017). Finally, SoxE factors also have putative acetylation and methylation sites (Williams et al., 2019); however, functional roles for these modifications during neural crest development remains largely unknown. One study demonstrated that Sox9 is acetylated by Tip60; however, the acetylation state did not impact the ability of Sox9 to activate Col2a1 expression (Hattori et al., 2008). Whether Sox9 acetylation state affects transcription of other target genes or if other Sox9 post-translational modifications regulate Col2a1 expression are questions that remain to be answered.



SOX Transcriptional Targets in the Neural Crest

The functional relationship between SoxE factors and other transcription factors essential for neural crest formation has been examined in several systems. Studies in Xenopus have shown that Snail1 promotes sox10 expression and knockdown of sox9 leads to reduced twist, snail1 and pax3 expression in the neural crest, whereas sox9 or sox10 gain-of-function expands the domains of foxD3, snail2, and sox10 expression at the neural plate border (Spokony et al., 2002; Honore et al., 2003; Buitrago-Delgado et al., 2018). In chick, overexpression of SOX9 is not sufficient to induce PAX3/7, but can induce SNAI2, FOXD3, and SOX10 (Cheung and Briscoe, 2003). Additionally, a SOX10 enhancer element has been identified in chick which requires ETS1, SOX9, and/or cMYB activity to drive reporter expression (Betancur et al., 2010). While such candidate-driven functional studies have provided some insights into the functions of SoxE factors within the neural crest gene regulatory network, a more comprehensive understanding of Sox targets in the neural crest remains lacking. Moreover, as SOX factors require DNA-binding partners for efficient regulation of target genes, it is also essential to identify and study the SOXE partners that play roles in the development and evolution of the neural crest.



SoxE Factors and the Retention of Embryonic Potential in the Neural Crest

Evolutionarily, the emergence of the neural crest coincided with duplication and diversification of an ancestral SoxE gene (Figure 1B; Tai et al., 2016). The significance of SoxE function to neural crest evolution is interesting to contemplate given the central role these factors play in the establishment of the neural crest stem cell state. As SoxB1 factors are essential regulators of pluripotency in blastula cells, it is possible that this role was handed off to SoxE factors in the neural crest. Consistent with this, recent work has shown that SoxE function can at least partially replace SoxB1 factors in maintaining the pluripotency of blastula stem cells, although SoxB1 factors are unable to replace SoxE factor function in the neural crest (Buitrago-Delgado et al., 2018). These data suggest that SoxE factors can engage in the pluripotency gene regulatory network, maintaining expression of key targets in the absence of SoxB1 factors, even in a cellular context in which they are normally not expressed. Whether this is a unique feature of SoxE factors or if other Sox subfamilies can function in a similar context remains to be seen; however, other Sox factors can substitute for SoxB1 factors during cell reprogramming (Nakagawa et al., 2008; Jauch et al., 2011). Interestingly, SOX17 sits at the top of the specification hierarchy for human primordial germ cells (Irie et al., 2015). Other pluripotency genes, such as NANOG and OCT4, but not SOX2, are also expressed in human primordial germ cells downstream of SOX17 (Tan and Tee, 2019). Thus, the SoxB1 to SoxE hand-off in the neural crest may serve as a paradigm for transitioning molecular regulatory circuitry from one Sox subfamily to another to maintain a stem cell-like state.

Why might a transition from SoxB1 to SoxE function have been important for the evolutionary emergence of neural crest stem cells? By the end of gastrulation SoxB1 factors cease to direct pluripotency and instead are expressed in, and essential to, the formation of the neuronal progenitor pool, and continue to play prominent roles in neural lineages later in development (Rex et al., 1997; Graham et al., 2003; Ellis et al., 2004; Schlosser et al., 2008). Once SoxB1 factors have transitioned to controlling the neuronal progenitor state, SoxE factors may take over the regulation of targets essential to maintaining developmental potential in the neural crest. Furthermore, the inability of SoxB1 factors to replace SoxE factor function in the neural crest implies this switch was necessary for the emergence of the neural crest and its derivatives (Buitrago-Delgado et al., 2018). Mechanistically, it is possible that SoxB1 factors are unable to correctly regulate some SoxE target genes unique to neural crest. Furthermore, this switch in Sox factor deployment may also have facilitated the subsequent lineage diversification of neural crest cells to non-neural cell types including cartilage, melanocytes, and glia, which require SoxE function for their formation (Bi et al., 1999; Britsch et al., 2001; Aoki et al., 2003). Understanding this transition, as well as why SoxE factors play essential roles in directing the development of only a subset of neural crest lineages, will require a more complete understanding of SoxE targets and partners in both neural crest stem cells and their derivatives.




SOX FACTORS AND DEVELOPMENT OF THE CRANIOFACIAL COMPLEX

An excellent context in which to investigate the roles and regulation of Sox factors in neural crest lineage diversification is the craniofacial complex, a compilation of multiple structures that together create both the form and function of the face. While development of many of these structures occur simultaneously, the molecular mechanisms that govern their development are unique. The neural crest contributes to a significant portion of the craniofacial complex, giving rise to chondrocytes, melanocytes, a majority of the peripheral nervous system, and contributing to the mesenchymal component of structures such as the tooth and palate (Chai et al., 2000; Bronner and LeDouarin, 2012). Several Sox factors are expressed throughout the facial ectoderm and mesenchyme (Table 1), many of which play essential roles in the development of specific craniofacial structures. Other Sox factors, while expressed during craniofacial development, have yet to be functionally characterized. SoxE functions within neural crest-derived cell types of the face are of particular evolutionary significance. The basal chordate amphioxus possesses a single SoxE gene and lacks neural crest cells, yet has an oral skeleton (Jandzik et al., 2015). Interestingly, expression of amphioxus SoxE within the chick neural tube is sufficient to induce neural crest formation. These amphioxus SoxE expressing cells later expressed markers for DRG lineages, including those cells positioned dorsolaterally that would typically become melanocytes (Tai et al., 2016). These data suggest that co-option of SoxE to proto neural crest-like cells may have occurred prior to genome duplication, but required the aquisition of new cis-regulatory sequences (Jandzik et al., 2015; Tai et al., 2016). It further suggests that duplication and divergence of the SoxE family was necessary for neural crest lineage diversification and the subsequent elaboration of the vertebrate head.


TABLE 1. Sox gene expression in various craniofacial structures in mouse embryos.
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Neural Crest Derivatives


Sox Factors and Craniofacial Bone and Cartilage

The craniofacial skeleton serves as the framework for the face. The bones of the craniofacial complex differ from long bones, such as those of the arms, legs, or ribs, in two main ways. First, a majority of anterior craniofacial bones are derived from the neural crest while long bones are derived from the mesoderm (Noden and Trainor, 2005). Second, long bones form through a process called endochondral ossification, whereas the flat bones of the face and the bones of the skull form through intramembranous ossification (Berendsen and Olsen, 2015). The small subset of endochondral facial bones included the malleus, incus, and nasal capsule (Mori-Akiyama et al., 2003). These and the facial cartilages (such as Meckel’s) form through a chondrogenic mechanism that requires Sox transcription factors.

SOX9 serves as the central transcriptional regulator for chondrogenesis (Bell et al., 1997; Bi et al., 1999). In vertebrates, Sox9 is expressed in the neural crest-derived facial mesenchyme (Wright et al., 1995; Healy et al., 1996; Spokony et al., 2002). Heterozygous Sox9 knock-out mice display cleft secondary palate, domed skull, and a short snout (Akiyama et al., 2002). Conditional deletion of Sox9 in the neural crest (Sox9fl/fl;Wnt1-Cre) results in complete loss of facial cartilages and endochondral derived bones (Mori-Akiyama et al., 2003). Likewise, in Xenopus, Sox9 morphants display gross morphological defects in their craniofacial chondrogenic elements, including complete loss of Meckel’s cartilage (Spokony et al., 2002). In the absence of Sox9, the prechondrogenic mesenchymal condensation fails to form and Col2a1, a direct target of SOX9, fails to be expressed (Lefebvre et al., 1997; Mori-Akiyama et al., 2003). The cells that should have become chondrocytes begin to express osteoblast markers (such as Runx2), indicating that SOX9 not only functions to promote chondrogenesis, but also inhibits osteoblast formation (Mori-Akiyama et al., 2003). Additionally, SOX9 is required for the expression of Sox5 and Sox6 during chondrogenesis (Akiyama et al., 2002). Sox5–/– and Sox6–/– mutants experience early postnatal lethality, but do not have major defects in chondrogenic elements. Interestingly, while Sox5–/– mice display minor defects in the craniofacial cartilage; Sox6–/– mutants do not. In contrast, Sox5–/–;Sox6–/– double mutants die at e16.5 and fail to form cartilages. While these mutants still express Sox9 and Col2a1 in prechondrogenic regions, cells fail to differentiate into chondrocytes (Smits et al., 2001). These data indicate that SoxD factors have both unique roles and redundant roles during chondrogenesis. Analysis of DNA occupancy by SOX9 and SOX5/6 in chondrogenic cells indicates shared binding at enhancers and suggests that SOX5/6 act cooperatively with SOX9 to promote gene activation (Liu and Lefebvre, 2015). Indeed, the triple combination of SOX9-SOX5-SOX6 can promote chondrogenesis in mesenchymal stem cell without the addition of growth factors, such as TGFβ3 (Raftery et al., 2020).



Sox Factors and Melanocytes

The pigment of the skin, hair, and choroid layer of the eye is produced by melanocytes. These cells are derived from the neural crest and localize to the vascular uvea of the eye, the basal layer of the epidermis, or hair follicles (Hirobe, 1984; Holbrook et al., 1989; Sitiwin et al., 2019). Sox10 plays a central role in the gene regulatory network (GRN) controlling melanocyte development (Figure 3), although Sox5, Sox9, and Sox18 may also play minor roles in melanogenesis (reviewed in Harris et al., 2010). Sox10, first expressed in the neural crest cells prior to migration, persists in the neural crest cells that become melanocytes (Aoki et al., 2003). Studies with mouse Dom mutants, which possess a frameshift mutation in Sox10 (Herbarth et al., 1998), demonstrate that Sox10 is required for melanocyte development. Dom mutants lack expression of Dct/Trp2, an early melanocyte marker (Southard-Smith et al., 1998). Supporting these findings, Sox10LacZ/+ heterozygous mice have fewer melanocytes and colorless zebrafish mutants (premature stop codon in sox10) have reduced melanocytes, iridoblasts, and xanthoblasts (Kelsh and Eisen, 2000; Britsch et al., 2001; Dutton et al., 2001). Overexpression of sox10 in Xenopus embryos results in a massive expansion of melanocyte precursor cells and is sufficient to induce the expression of melanocyte marker dct/trp2 in naïve ectoderm (Aoki et al., 2003). Likewise, expression of sox9 produces supernumerary melanocytes in Xenopus embryos (Taylor and LaBonne, 2005).
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FIGURE 3. Sox factors involved in neural crest formation and lineage diversification. Diagram highlighting Sox factors known to have roles in neural crest cell, chondrocyte, melanocyte, and peripheral nervous system development.


In the GRN controlling melanocyte development Sox10 has been shown to directly activate Mitf, Dct/Trp2, Tyr, and Tyrp1 (Bondurand et al., 2000; Potterf et al., 2000; Jiao et al., 2004; Murisier et al., 2006, 2007). SOX10 acts synergistically with PAX3 to activate MITF expression (Bondurand et al., 2000; Potterf et al., 2000). Subsequently, MITF becomes a transcriptional partner for SOX10 and together they promote DCT/TRP2 expression (Jiao et al., 2004; Ludwig et al., 2004). In the absence of Sox10, MITF alone is unable to direct formation of pigmented cells (Hou et al., 2006). Additionally, BRG1, a key member of the chromatin remodeling SWI/SNF complex, regulates proximal and distal promotor accessibility of melanocyte-specific SOX10 target genes. SOX10 directly interacts with BRG1, possibly recruiting BRG1 to these sites (Marathe et al., 2017). Global analysis of SOX10 binding sites in an immortalized melanocyte cell line further indicates that SOX10 binds to target sites as either a monomer or homodimer and most of these sites were found at distal regulatory regions. Interestingly, target genes are both up and downregulated in Sox10LacZ/+ cells providing further evidence that SOX10 can have both activator and repressor functions (Fufa et al., 2015). Validating and integrating these targets into the existing melanocyte GRN will greatly advance our understanding of melanocyte formation and disease etiology for Waardenburg Syndrome.

SOX10 activity during melanocyte formation is regulated in several ways. First, SOX5 can bind to Sox10 target regions within promotors of melanocyte genes and recruit the transcriptional corepressors HDAC1 and CtBP2 (Stolt et al., 2008). Although it has not been demonstrate that competition for binding sites occurs in vivo, Sox5–/–, Sox10+/lacZ double mutant embryos display a less severe melanocyte phenotype than Sox10+/lacZ single mutant embryos, consistent with a role for SOX5 as a recruiter of corepressors (Stolt et al., 2008). Post-translational modification of SOX10 may also regulate its function during melanocyte formation. SOX10 can be SUMOylated at three lysine residues and this modification represses transcriptional activation of the MITF promotor in vitro (Taylor and LaBonne, 2005; Girard and Goossens, 2006).

In addition to regulating melanocyte formation during embryonic development, Sox factors are also integrally involved in postnatal melanocyte maintenance and progression of melanoma. A population of melanocyte stem cells resides at the base of hair follicle cells and contributes to the pigmentation of each hair shaft. Sox10 is expressed in these stem cells and gain and loss of Sox10 function both lead to a reduction in this cell population and the presence of white/gray hairs, consistent with disruptions in melanocyte stem cell function (Harris et al., 2013). Additionally, Sox10 is expressed in the differentiated melanocytes of hair follicles and is required for retention of melanocytes (Harris et al., 2013). SOX9 is expressed in postnatal melanocytes and can induce expression of SOX10 melanocyte target genes in B16 melanoma cells. Additionally, increased expression of SOX9 leads to enhanced melanin production (Passeron et al., 2007). Together these findings suggest a SOX9 function in adult melanocytes that parallels that of SOX10 during embryonic development. Finally, both SOX9 and SOX10 have roles in the etiology of melanoma. While a detailed description of their functions in this context is beyond the scope of this review, we highlight that these SoxE factors may have antagonistic roles in melanoma cells (Shakhova et al., 2015). Sox functions in various cancers has recently been reviewed (Grimm et al., 2019).



Sox Factors and the Peripheral Nervous System

Neural crest cells also give rise to much of the peripheral nervous system (PNS), including the cephalic ganglia, dorsal root ganglia (DRG), Rohon-Beard cell, satellite cells, and Schwann cells (D’Amico-Martel and Noden, 1983; LeDouarin and Kalcheim, 1999). Sox2, Sox4, Sox5, Sox10, and Sox11 are each expressed in various neural crest-derived PNS cells (Britsch et al., 2001; Perez-Alcala et al., 2004; Aquino et al., 2006). While functions for Sox2, Sox4, and Sox10 have been described, only expression data for Sox5 and Sox11 has been reported (Figure 3). Schwann cell precursors, satellite glia, myelinating/non-myelinating cells, peripheral glia, and NC-derived cells within trigeminal ganglion express Sox5 (Perez-Alcala et al., 2004; Morales et al., 2007). Sox11 is expressed in several PNS cell types including DRG, cranial ganglia, and sympathetic ganglia (Hargrave et al., 1997; Kuhlbrodt et al., 1998a; Sock et al., 2004). Expression in these regions was noted to decrease over time and was very weak by e15.5 of mouse embryogenesis, suggesting that Sox11 may function in fate determination or early stages of differentiation (Hargrave et al., 1997; Kuhlbrodt et al., 1998a; Sock et al., 2004). Another SoxC subfamily member, Sox4, may possibly have an opposing role in PNS development and act as a negative regulator of Schwann cell myelination. Sox4 overexpression in Schwann cells leads to delayed myelination and hypomyelination. Interestingly, Sox4 expression is elevated in mouse models of demyelinating neuropathies (Bartesaghi et al., 2015). These Sox11 and Sox4 findings provide evidence that members of the same Sox subfamily can play divergent roles.

Sox2, which is critical for maintaining stem-cell attributes in central nervous system progenitors, also functions in a subset of PNS cells (Wakamatsu et al., 2004; Le et al., 2005; Pevny and Placzek, 2005; Aquino et al., 2006; Adameyko et al., 2012). Sox2 is expressed in neuroglial progenitors cells, but is downregulated upon differentiation (Aquino et al., 2006). In ovo electroporation of SOX2 in chick embryos results in increased proliferation of DRG cells, but blocks neuroglial progenitor differentiation to both neural and glial fates (Wakamatsu et al., 2004) while knockdown/knockout of Sox2 in the DRG neural progenitors reduces the number of DRG neurons (Cimadamore et al., 2011). Together, these data indicate that SOX2 is an essential regulator of sensory neurogenesis. In addition, SOX2, is expressed in immature Schwann cells where it suppresses expression of genes associated with Schwann cell myelination and blocks myelination, an indicator of Schwann cell differentiation and maturation (Le et al., 2005; Roberts et al., 2017; Wust et al., 2020). It is thus clear that Sox2 plays critical roles in both the developing PNS and CNS.

Importantly, the SoxE factor, Sox10, is also a critical regulator of glial cell development. Sox10 is expressed in Schwann cell precursors and sensory ganglia, and is required for the specification of all glia within the PNS (Kuhlbrodt et al., 1998b; Southard-Smith et al., 1998; Britsch et al., 2001). In the absence of Sox10 (Sox10lacZ/Sox10lacZ or colorless) cranial ganglia, enteric ganglia, and DRG numbers are reduced or display aberrant cell morphology (Kelsh and Eisen, 2000; Britsch et al., 2001; Dutton et al., 2001) and Schwann cell precursors are absent in both mutants (Kelsh and Eisen, 2000; Britsch et al., 2001; Dutton et al., 2001). These phenotypes are reminiscent of loss of neuregulin/ErbB signaling, which promotes the differentiation of neural crest into glia (Britsch et al., 2001; Britsch, 2007). ErbB3 expression is decreased in Sox10lacZ/Sox10lacZ mutants and, subsequently, migration and survival of progenitor cells is compromised (Britsch et al., 2001). In addition to regulating expression of ErbB3, in vitro studies have demonstrated that SOX10 synergies with OCT6 (POU3F1) and BRN2 (POU3F2) to activate EGR2 (KROX-20), which is essential for myelination of Schwann cells (Kuhlbrodt et al., 1998b; Le et al., 2005). SOX10 then partners with EGR2 to activate others myelin genes (LeBlanc et al., 2007). Indeed, SOX10 and EGR2 are sufficient to reprogram skin fibroblasts into Schwann cells, emphasizing the importance of both of these factors for Schwann cell development (Mazzara et al., 2017). Regulation of Sox10 in Schwann cells has been linked with eEF1A1 which, upon acetylation, removes SOX10 from the nucleus. In Schwann cells, this activity is blocked by HDAC1/2, Sox10 co-factors essential for myelination, which deacetylate eEF1A1 causing it to return to the cytoplasm and preventing nuclear export of Sox10 (Duman et al., 2020). Finally, one of the essential functions of Sox10 is to direct the neuroglial progenitor cells of the DRG toward the glial lineage. Mechanistically this is attributed to Sox10 biasing neuroglia progenitor cells toward the glial lineage (vs. sensory neurons) by promoting the ubiquitination and subsequent degradation of transcription factor Neurog2 through upregulation of Fbxo9 (Liu et al., 2020).




Craniofacial Structures


Palatogenesis

Cleft lip/palate is one of the most common birth defects, and numerous genes have been associated with this congenital malformation (Dixon et al., 2011). Mammalian palatogenesis begins with proliferation of the neural crest-derived cells within the palatal shelves, which leads to vertical outgrowth. The palatal shelves then elevate, sitting horizontal above the tongue, and the epithelium of the two shelves fuse. The epithelial seam formed at the midline is then removed to create a confluent mesenchyme (Bush and Jiang, 2012). A defect in any of these steps can result in a cleft secondary palate. Of the Sox transcription factors, only SOX11 has been associated with a patient presenting with cleft palate (Khan et al., 2018). Nevertheless, several Sox mutant mice (Sox11–/–, Sox9fl/fl;Wnt1-Cre, Sox2HYP, Sox5–/–) develop cleft palates (Smits et al., 2001; Mori-Akiyama et al., 2003; Sock et al., 2004; Langer et al., 2014). During e12.5-e14.5 of murine palatogenesis, expression of Sox2, Sox4, Sox5, Sox6, Sox8, Sox9, Sox11, Sox12, Sox13, and Sox21 can be detected via in situ hybridization (Table 1; Watanabe et al., 2016). Sox2 is expressed in the epithelium; Sox4/5/8/9 are expressed in the mesenchyme, while Sox6/11/12/13 are expressed in both the palatal mesenchyme and epithelium (Watanabe et al., 2016). Of note, both Sox2 and Sox11 are expressed in the palatal epithelial seam at e14.5. While it is unclear if/how Sox factors regulate palatogenesis, the spatio/temporal expression patterns make it tempting to speculate that several factors play roles in this process.



Odontogenesis

Tooth development begins as the oral epithelium thickens and the underlying neural crest-derived mesenchyme condenses around the invaginating placode. The placode continues to elongate (bud stage) and then branch (bell stage). Subsequently, cells begin to differentiate into ameleoblasts and odontoblasts (bell stage) and terminally differentiate/mineralize just prior to root formation and eruption (Thesleff, 2014). Several Sox factors are expressed throughout odontogenesis (see Kawasaki et al., 2015 for detailed expression analysis); however, functional roles for most factors have not been described (Table 1). Sox2 is expressed in the oral epithelium beginning at tooth initiation and continues to be expressed through cap stages in the lingual bud epithelium (Juuri et al., 2012; Kawasaki et al., 2015). Conditional deletion of Sox2 from the oral epithelium (Sox2fl/fl;Shh:GFP-Cre) results in only minor defects in the second and third molars; however, recombination of Shh:GFP-Cre was mosaic and some SOX2 protein still detectable (Juuri et al., 2013). In contrast, conditional deletion of Sox2 from both the oral and dental epithelium (Sox2fl/fl;Pitx2-Cre) produces abnormally shaped molars and underdeveloped incisors that regressed until undetectable at P0 (Sun et al., 2016). The regression of the incisors is consistent with a role for SOX2 in dental epithelial stem cells (DESCs). Lineage tracing experiments have revealed that Sox2 + DESCs reside in the labial cervical loop and contribute to all epithelial lineages in the mouse incisor (Juuri et al., 2012). Ablation of Sox2 prior to incisor injury dramatically decreases the ability of the incisor to regrow (Sun et al., 2016). These mutants also display reduced proliferation in labial cervical loops, suggesting that SOX2 regulates DESC proliferation (Sun et al., 2016). In addition to murine DESCs, Sox2 defines an analogous stem cell population in cartilaginous fish, which regenerate teeth successionally, suggesting that SOX2 function in DESCs is evolutionarily conserved (Martin et al., 2016).



Salivary Gland Development

Three pairs of salivary glands, the sublingual (SL), the submandibular (SMG), and the parotid (PG), reside inside the oral cavity and together secrete up to a quart of saliva daily (Knosp et al., 2012). Embryonically, these structures begin as placodes within the oral epithelium and then subsequently undergo elongation and branching morphogenesis (Affolter et al., 2003). Sox9, Sox10, and Sox2 are all expressed during salivary gland development (Lombaert et al., 2013; Chatzeli et al., 2017; Emmerson et al., 2017). Sox9 is expressed in the oral epithelium that gives rise to the SMG, SL, and PG. Sox9+ epithelial cells serve as the progenitor cells for the entire epithelial component of these salivary glands (Chatzeli et al., 2017). As SMG/SL/PG development progresses Sox9 becomes restricted to the distal progenitor cells of the bud. Conditional deletion of Sox9 within the oral epithelium (Sox9fl/fl;K14-Cre) results in arrested SMG, SL, and PG development at the bud stage (Chatzeli et al., 2017). In the conditional mutants, these cells fail to become specified; however, the proximal progenitors (Sox9–) are specified normally (Chatzeli et al., 2017). In the absence of distal progenitor cells, branching morphogenesis fails to occur. Embryonic expression of Sox9 ceases during lumen formation, but Sox9 becomes expressed again in the adult and contributes to regulation of the stem/progenitor cell properties of a subpopulation of salivary gland cells (Chatzeli et al., 2017; Tanaka et al., 2019). Sox10 is expressed in the distal progenitor cells of the bud and is also an acinar (mucin producing cells) progenitor marker (Lombaert et al., 2013). Sox10 lies downstream of Sox9, Sox2, Kit, and FGF signaling in these cells (Lombaert et al., 2013; Chatzeli et al., 2017; Emmerson et al., 2017). While a specific function for Sox10 within the distal/acinar progenitor cells has not been determined, it is known to be essential for branching and acinar formation of other glands (Chen et al., 2014). Sox2 is expressed in both duct and acinar progenitor cells but is only required for acinar cell formation. Sox2 promotes the expression of acinar-specific genes, including Sox10, and promotes survival of acinar progenitor cells through both maintaining proliferation and preventing apoptosis. Interestingly, parasympathetic nerves are required to maintain the Sox2 + progenitor cells, and thus are necessary for acinar cell formation (Emmerson et al., 2017).





SOXOPATHIES WITH ASSOCIATED CRANIOFACIAL PHENOTYPES

Given the importance of Sox factors to the formation of the vertebrate craniofacial complex, it is perhaps unsurprising that a number of human syndromes presenting with craniofacial defects are linked to mutations in SOX genes (Table 2).


TABLE 2. SOXopathies with craniofacial phenotypes.

[image: Table 2]

Campomelic Dysplasia

One of the most dramatic of these SOXopathies is Campomelic dysplasia (CD) which is caused by mutations in SOX9 (Foster et al., 1994; Wagner et al., 1994). Individuals with CD typically die shortly after birth and display an undermineralized skeleton and dramatic bowing of the lower limbs. Within the craniofacial complex, common CD phenotypes include cleft palate, micrognathia, a small skull, and mid-facial hypoplasia (Csukasi et al., 2019). Most CD cases are caused by a de novo mutation within a SOX9 allele (autosomal dominant). While the exact mutations within the SOX9 gene varies among CD patients, there is evidence for both haploinsufficiency and dominant negative protein function underlying the observed phenotypes (Foster et al., 1994; Csukasi et al., 2019), and in mice, loss of one allele of Sox9 phenocopies CD (Bi et al., 2001). Cell culture studies have shown that both SOX9 haploinsufficiency and dominant negative forms of SOX9 (nonsense mutations in the C-terminal transactivation domain) fail to robustly activate Col2a1 gene expression indicating that the chondrogenic program is not being fully initiated in cases of CD (Csukasi et al., 2019). Notably, although it is dysmorphic, a majority of the skeleton still forms in CD patients and animal models. Perhaps most SOX9 target genes are still activated despite loss of one functional allele. Alternately, SOX5 and SOX6 have partial functional redundant functions to SOX9 during chondrogenesis and may be able to compensate.



Waardenburg Syndrome

Waardenburg syndrome (WS) is a neurocristopathy characterized by pigment abnormalities in the hair, skin, and eyes, hearing loss, and craniofacial alterations such as hypertelorism, dystopia cantorum, nasal hypoplasia, and harelip (Banerjee, 1986; Dourmishev et al., 1999; Pingault et al., 2010; Wildhardt et al., 2013; Chen et al., 2015). There are four different subtypes of WS, two of which are associated with mutations in SOX10, type 2 and type 4 (Pingault et al., 1998; Southard-Smith et al., 1999; Bondurand et al., 2007). Individuals with type 2 present with additional neurological defects while those with type 4 also have Hirschsprung’s disease (Bondurand et al., 2007). Over 40 different SOX10 mutations have been reported across WS patients. Many mutations are truncating, causing the SOX10 transcript to undergo nonsense-mediated RNA decay resulting in a phenotype driven by haploinsufficiency (Inoue et al., 2004). A few variants have also been reported that alter the SOX10 stop codon and extend the protein (Pingault et al., 2010). For these variants, there is in vitro evidence that these elongated proteins have dominant negative effects (Inoue et al., 1999; Sham et al., 2001; Chan et al., 2003). During normal embryonic development, SOX10 is essential for neural crest stem cell formation and then subsequently for formation of specific derivatives, including melanocytes and enteric ganglia neurons (Southard-Smith et al., 1998; Britsch et al., 2001; Dutton et al., 2001). SOX10 also promotes survival and proliferation of Schwann cells (Britsch et al., 2001). In addition to SOX10, mutations in PAX3, MITF, SNAI2, EDN3, and EDNRB have all been identified as causative genetic insults for Waardenburg syndrome (Pingault et al., 2010). Together with SOX10, these genes are components of the gene regulatory networks controlling melanocyte (PAX3, MITF, SNAI2) or PNS (EDN3, EDNRB) development (Bondurand et al., 2007). Thus, WS patients with mutations in different genes can present with the same disease etiology due to disruptions in a shared gene regulatory network.



Lamb-Shaffer Syndrome

Lamb-Shaffer syndrome (LAMSHF) is classified as a neurodevelopmental disorder with common phenotypes including: developmental delays, intellectual disability, and language/motor deficits (Lamb et al., 2012). Patients also have a signature set of craniofacial features: micrognathia, prominent chin, thinned upper lip, broad/full nasal tip, and epicanthus (Zawerton et al., 2020). Mutations in SOX5, a member of the SoxD family, have been linked with LAMSHF. The observed skeletal defects such as micrognathia, broad/full nasal tip, and prominent chin are consistent with SOX5 having a role in chondrogenesis. Sox5 is strongly expressed in Meckel’s cartilage in mice (Ishikawa et al., 2018), which could explain the presentation of micrognathia, specifically. The general lack of severity of these craniofacial phenotypes is most likely due to individuals possessing other functional SOXD alleles, which is supported by Sox5–/– having only minor skeletal defects (Smits et al., 2001). In vitro studies suggest that haploinsufficiency, rather than a dominant negative effect associated with SOX5 variants, are most likely causative of LAMSHF. Furthermore, SOX5 variants with nonsense mutations or missense mutations within the HMG were localized cytoplasmically, unable to bind DNA, and failed to activate gene expression. While molecular studies demonstrated that some SOX5 variants could still activate target gene expression and other variants could not, the study could not identify any genotype-phenotype correlation among LAMSHF patients (Zawerton et al., 2020).



Coffin-Siris Syndrome

Another syndrome that has been associated with mutations in SOX genes, specifically Sox C family members is Coffin-Siris syndrome (CSS). Individuals with CSS have fifth fingers with clinodactyly, nail hypoplasia, microcephaly, and intellectual disabilities. Craniofacial features include cleft palate, frontal bossing, wide mouth with prominent lips, deep set eyes, broad nasal bridge, thick and high arched eyebrows, and a grooved/shortened philtrum (Tsurusaki et al., 2014; Hempel et al., 2016; Khan et al., 2018; Okamoto et al., 2018). Most patients with CSS (55–70%) have mutations in genes that encode for subunits of the BAF complex (Tsurusaki et al., 2014). Of the remaining cases, mutations in SOX11 have been identified as causal for several unrelated patients (Tsurusaki et al., 2014; Hempel et al., 2016; Khan et al., 2018; Okamoto et al., 2018). Most of the identified mutations in SOX11 lie within the HMG domain and result in decreased transcription of SOX11 target genes in vitro (Tsurusaki et al., 2014; Hempel et al., 2016). One variant has a mutation outside of this domain that is predicted to produce a truncated, non-functional protein (Khan et al., 2018). Additionally, there have been four cases of CSS where heterozygous mutations in SOX4 have been identified. Like SOX11, these mutations were within the HMG domain and variant proteins were unable to bind DNA and activate target gene expression (Zawerton et al., 2019). Little is known about the roles of SoxC factors in the context of craniofacial development. Sox4 and Sox11 are broadly expressed in the neural crest-derived facial mesenchyme, and Sox11 is, interestingly, expressed in the palatal epithelial seam (Watanabe et al., 2016). Whether Sox11 is functionally important for the removal of the epithelial seam is unknown, but this could explain occurrences of cleft palate in some CSS patients. In other cellular contexts, Sox4 and Sox11 promote proliferation (Gadi et al., 2013; Dai et al., 2017), thus it is possible that they may be regulating proliferation to some extent within the facial mesenchyme. Misregulation of proliferation could lead to phenotypes such as broad nasal bridge, shortened philtrum, and prominent lips. In the future, it would be interesting to use animal models to study the effects of single or combined loss of Sox4 and Sox11 on craniofacial development.



Hypotrichosis-Lymphedema-Telangiectasia Syndrome

Lastly, mutations in Sox18 have been identified in patients with a rare condition called Hypotrichosis-lymphedema-telangiectasia syndrome (HLTS) (Irrthum et al., 2003). As the name suggests, the predominating features of these patients are sparse hair, tissue swelling due to malfunctioning lymphatic system, and presence of dilated vessels skin surface. While most case studies do not report a craniofacial phenotype with HLTS (either no phenotype or not assessed), a few patients have mild craniofacial defects that include: thick lips, microcephaly, periorbital swelling, and broad nasal tip (Bastaki et al., 2016; Valenzuela et al., 2018; Wangberg et al., 2018). Unlike the other syndromes associated with mutations in SOX genes, HLTS is associated with both autosomal dominant and autosomal recessive modes of inheritance (Irrthum et al., 2003; Wangberg et al., 2018). The autosomal dominant mode of inheritance is typically associated with nonsense mutations in the SOX18 transactivation domain while the autosomal recessive form is marked by missense mutations within the HMG domain (Valenzuela et al., 2018). Expression data in mice indicates that Sox18 primarily localizes to sites of vascularization within the developing murine craniofacial complex (Ishikawa et al., 2018). Given this expression, it is unclear how loss of Sox18 could result in phenotypes such as microcephaly or broad nasal tip. Clearly, further study into the molecular mechanisms underlying this syndrome, specifically those associated with the craniofacial defects, is necessary.




CONCLUSION AND PERSPECTIVES

The emergence of neural crest drove the evolution of vertebrates including the elaboration of an intricate craniofacial complex. While Sox transcription factors are heavily utilized during invertebrate development, new roles have evolved for many of these factors within vertebrate cell types and structures, aided by duplication events. SoxE factors are initially required for the formation of neural crest stem cells, analogous to the role that SoxB1 factors play in blastula (inner cell mass) stem cells. Subsequently, SoxE factors are essential for the diversification of neural crest cells into a subset of non-neural lineages including cartilage, melanocytes and glia. By contrast SoxB1 factors transition to maintaining a neural progenitor state, and some SoxB1 partner pairings, including POU factors, are maintained between blastula stem cells and neural progenitor cells. Conserved SoxB1 roles within these cell populations could have necessitated the deployment of a different Sox subfamily, SoxE, in neural crest progenitors and derivatives. Evolutionarily, SoxE factor duplications at the base of the vertebrates may have helped drive neural crest lineage diversification and the development of the vertebrate craniofacial complex. Understanding the role of Sox proteins in the emergence of specialized cell types and complex forms in vertebrates will require a fuller understanding of the shared and unique functions of different Sox factors and families, and the mechanisms regulating those functions. This includes defining their transcriptional targets in different cellular contexts. Such studies should also prove to be of high clinical significance given the many congenital defects associated with Sox mutations. In particular, the plethora of craniofacial phenotypes associated with SOXopathies underscores the critical roles these factors play in the development and evolution of the vertebrate craniofacial complex.

It has been 30 years since the discovery of the SRY gene yet we are continuously learning more about the roles and regulation of this important family of transcription factors. Within the context of the neural crest and craniofacial complex, there are several outstanding questions that are ripe for study. Sox9 has been shown to have pioneer activity in hair follicle stem cells (Adam et al., 2015); however, it is unknown whether this function extends to the neural crest. One intriguing possibility is that Sox9 and other SoxE factors, through pioneer activity, set the stage in the chromatin landscape of neural crest progenitors for the subsequent adoption of specific lineage states. Recent data has shown that the chromatin of vagal neural crest is biased toward specific lineages prior to the onset of migration (Ling and Sauka-Spengler, 2019). It will be important to determine if such biases also exist in cranial neural crest and if different SoxE factors play roles in establishing these predispositions. In addition, there is evidence for direct interaction of Sox factors with epigenetic factors, such as HDACs, to regulate cell fate decisions (Duman et al., 2020). To date, studies of Sox partners/co-factors have predominately focused on other transcription factors. It is essential, however, to broaden our understanding of Sox interacting factors to include epigenetic modifiers, and to determine how these interactions shape the chromatin landscape within the neural crest and its derivatives. Finally, global histone acetylation in the neural crest differs from that of differentiated cells and actually more closely resembles that of blastula stem cells (Rao and LaBonne, 2018). To what degree are these similar epigenetic signatures mediated by Sox factors? Does switching regulation from SoxB1 in blastula stem cells to SoxE factors in neural crest stem cells lead to maintained chromatin architecture at Sox targets within the pluripotency GRN? As more large-scale sequencing experiments are conducted, and with the growing power of single cell approaches, such questions are likely to be answered in the near future.
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Mesenchephalic and rhombencephalic neural crest cells generate the craniofacial skeleton, special sensory organs, and subsets of cranial sensory receptor neurons. They do so while preserving the anterior-posterior (A-P) identity of their neural tube origins. This organizational principle is paralleled by central nervous system circuits that receive and process information from facial structures whose A-P identity is in register with that in the brain. Prior to morphogenesis of the face and its circuits, however, neural crest cells act as “inductive ambassadors” from distinct regions of the neural tube to induce differentiation of target craniofacial domains and establish an initial interface between the brain and face. At every site of bilateral, non-axial secondary induction, neural crest constitutes all or some of the mesenchymal compartment for non-axial mesenchymal/epithelial (M/E) interactions. Thus, for epithelial domains in the craniofacial primordia, aortic arches, limbs, the spinal cord, and the forebrain (Fb), neural crest-derived mesenchymal cells establish local sources of inductive signaling molecules that drive morphogenesis and cellular differentiation. This common mechanism for building brains, faces, limbs, and hearts, A-P axis specified, neural crest-mediated M/E induction, coordinates differentiation of distal structures, peripheral neurons that provide their sensory or autonomic innervation in some cases, and central neural circuits that regulate their behavioral functions. The essential role of this neural crest-mediated mechanism identifies it as a prime target for pathogenesis in a broad range of neurodevelopmental disorders. Thus, the face and the brain “predict” one another, and this mutual developmental relationship provides a key target for disruption by developmental pathology.

Keywords: neural crest, placodes, olfactory, sensory pathways, inductive signaling, 22q11 deletion syndrome


INTRODUCTION

Nearly 60 years ago, Demyer et al. (1964) published a description of a series of cases with varying degrees of craniofacial malformations: from near cyclopia in still born fetuses to two patients, described in detail, with mild, but detectable, craniofacial anomalies. Based upon limited clinical observations, they argued that the degree of craniofacial malformation in these individuals correlated with brain dysmorphology and dysfunction. This apparent relationship led them to conclude, in a memorable – if not fully appreciated – title that “The Face Predicts the Brain.” The subtitle of their paper was prescient: “Diagnostic Significance of Median Facial Anomalies for Holoprosencephaly (Arhinencephaly).” The mechanistic significance of this relationship, including the consequences for the olfactory periphery (the nose) and its forebrain (Fb) targets [the olfactory bulbs (OBs) and other basal Fb nuclei], as well as additional peripheral sensory, brainstem, cerebral cortical, or basal Fb structures and circuits, however, was unclear at the time. Subsequent studies from the late 1980s onward give cell biological and molecular definition to the 1964 provocative idea of DeMyer et al. The face does indeed predict the brain. The central role of the neural crest in this predictive relationship is the subject of this review.

If the face predicts the brain, it is essential to define the nature of the prediction. This relationship reflects the central role of interactions between the craniofacial primordia, cranial placodes, and the rhombencephalic and mesencephalic neural crests, which provides a “mirror” representation of the axial organization of the neural tube to distal sites of secondary induction and differentiation: the facial skeleton and cartilage, key sensory structures, like the nose, eyes, ears, and cranial ganglia, and their targets in the central nervous system. Parallel neural crest-mediated interactions influence the aortic arches that become the great vessels of the heart, and this mechanism also influences limb bud patterning and differentiation (Figure 1A). This “mirror” representation of the early developing brain casts its reflection by localizing cardinal signaling molecules: retinoic acid (RA; Richman, 1992; Morriss-Kay, 1993; Rawson and LaMantia, 2006; Williams and Bohnsack, 2019), Fgfs (Tucker et al., 1999; Nie et al., 2006b; Szabo-Rogers et al., 2008; Stanier and Pauws, 2012), Shh (Hardcastle et al., 1999; Nasrallah and Golden, 2001; Smith et al., 2014; Okuhara et al., 2019), Bmps, other Tgfβ family members and their antagonists (Greene and Pisano, 2005; Nie et al., 2006a; Matsui and Klingensmith, 2014; Graf et al., 2016; Young et al., 2017), and Wnts (Alexander et al., 2014; Ji et al., 2019). Thus, it may well be that DeMyer reversed the valence of their prediction: the face may reflect the brain, but the brain, via the neural crest, predicts the face.

[image: Figure 1]

FIGURE 1. Neural crest mediated mesenchymal/epithelial (M/E) induction prefigures nasal/forebrain (Fb), craniofacial, heart, and limb morphogenesis. (A) A summary of the sites of non-axial M/E induction and their morphogenetic endpoints. The arrows point to the embryonic regions illustrated in panel B. (B) A summary of the relationship between anterior-posterior (A-P) regionally specified neural crest and the sites of M/E induction that establish the nose and Fb, the face, the heart, and the limbs. At each site, a primarily neural crest-derived population of A-P specified mesenchymal cells is opposed to the adjacent surface ectoderm, which is also axially specified. (C) Subsets of neural crest-derived mesenchymal cells, labeled with a knock-in reporter transgene (βgeo6; LaMantia et al., 2000; Bhasin et al., 2003) at each of the sites of M/E induction produce the morphogenetic signaling molecule retinoic acid (RA). These cells drive locally patterned expression of several target genes in placodal domains (purple shading) immediately adjacent to the RA-producing mesenchymal cells.


The distribution of the neural crest in the midgestation embryo includes several discrete accumulations of mesenchymal cells at bilaterally symmetrical locations (Figures 1B,C, 2). The neural crest-derived mesenchyme at some of these sites will contribute to special sensory organs: the frontonasal masses [olfactory epithelium (OE) and nose], the eyes (cornea, scleral, and choroidal cells), and the otic placodes (middle ear bones and epithelia); others will generate cranial skeletal elements, teeth, and cartilage (Jiang et al., 2002; Lwigale et al., 2004; Tucker and Sharpe, 2004; Balmer and LaMantia, 2005; Creuzet et al., 2005; Yoshida et al., 2008; Edlund et al., 2015; Williams and Bohnsack, 2015; Dash and Trainor, 2020). Each of these mesenchymal neural crest populations derives from a distinct anterior to posterior (A-P) location in the mesencephalic, rhombencephalic, vagal/cardiac, or trunk neural crest (Figure 1B). The somewhat surprising inclusion of the limb bud in this list of sites of early neural crest mesenchymal accumulation in the early limb bud prior to morphogenesis has been commented on in classical embryological studies (Erickson, 1985; Grim and Christ, 1993) and suggested – sometimes without comment – by additional work using molecular and genetic methods (Noakes and Bennett, 1987; Shen et al., 1997; Barlow et al., 2002; Akiyama et al., 2005; Olaopa et al., 2011; Wade et al., 2012). Our work using transgenic reporters and molecular markers for neural crest have reinforced the likely presence of neural crest in the limb bud mesenchyme (Maynard et al., 2002; Bhasin et al., 2003; Meechan et al., 2006; Rawson et al., 2010) prior to the ingression of nerves and vascular cells (Le Douarin et al., 1991; Jessen and Mirsky, 2005). Thus, subsets of neural crest cells that migrate to distinct peripheral sites of morphogenesis, including the facial primorida, bring with them a record of A-P neural tube position and presumably share aspects of molecular identity with neural progenitor cells that remain behind. These include expression and activity of Hox genes and related factors within distinct A-P domains.

[image: Figure 2]

FIGURE 2. The distribution of RA producing neural crest at sites of M/E induction and its relationship to epithelia and mesenchymal sources of additional cardinal inductive signals. (A) Subsets of frontonasal (panels 1, 2), branchial arch (panels 5, 6), aortic arch (panels 7, 8), and forelimb bud (Flb; panels 9–11) are labeled by the βgeo6 reporter. These cells are coincident with Raldh2-expressing cells in the frontonasal mesenchyme (FnM; panels 3, 4) as well as other sites of non-axial M/E interaction. The dotted lines in panels 1, 7, and 9 indicate the approximate plane of the sections shown in panels 2, 8, 10, and 11, respectively. (B) In situ hybridization identifies local expression of cardinal inductive/morphogenetic signals Fgf8, Shh, and Bmp4 in epithelial as well as mesenchymal domains in the frontonasal process (FnP), mandibular arch (Ba1b), and Flb. Fgf8 and Shh are limited to epithelial domains in the medial nasal process (mnp) while Bmp4 is enhanced in the lateral nasal process epithelium. Fgf8 is found in a limited dorsal-lateral epithelial domain in Ba1b, Shh in a medial domain, and Bmp4 in a dorsal medial location. In the Flb, these three cardinal signals define the apical ectodermal ridge (aer) and zone of polarizing activity (zpa), two embryologically defined signaling regions that drive limb morphogenesis and patterning (REFS). (C) Schematic summary of the localization and signaling interactions (arrows) of local mesenchymal and epithelial sources of RA, Fgf8, Shh, and Bmp4 in the frontonasal mass/Fb (top) and Flb (bottom) during the initial establishment of these sites of non-axial neural crest-mediated M/E induction (Embryonic day E9.5 in the mouse) and as signaling and morphogenesis moves forward (E11.5). The direction of the arrows was determined using in vitro mesenchymal/epithelial co-cultures or isolated explants of the epithelium or mesenchyme alone (LaMantia et al., 2000; Bhasin et al., 2003).


The fates of these distal mesenchymal neural crest cells will ultimately include skeletogenic progenitors, sensory and autonomic neurons, Schwann cells, melanocytes, and in some cases vascular cells (Thomas and Erickson, 2008; Nitzan et al., 2013; Trost et al., 2013; Petersen and Adameyko, 2017). Nevertheless, during an earlier epoch of development, after migration but before terminal differentiation, they serve a distinct function. These mesenchymal neural crest cells localize sources of inductive signals directly, or via interactions with adjacent ectoderm (Figure 2) to drive morphogenesis and differentiation (LaMantia et al., 1993, 2000; Neubuser et al., 1997; Bhasin et al., 2003; Thesleff, 2003). These local sites of mesenchymal/epithelial (M/E) induction generate essential, bilaterally symmetric peripheral structures in all vertebrates that facilitate the organism’s interactions with its environment, as well as circuits in the central nervous system that animate these structures.

Many “cardinal” morphogenetic signals, including Shh, Bmps, and Fgfs, are expressed in epithelial domains at sites where mesenchymal neural crest accumulates in the head as well as heart and limbs (Figure 2). Their expression relies on localization of the neural crest and its capacity to secrete signaling molecules, particularly RA (Bhasin et al., 2003). Thus, the brain, via neural crest specified along the A-P axis of the neural tube, drives the development of facial structures, including the nose and jaws, and the neural crest from more posterior regions of the neural tube performs a similar function for the great vessels of the heart or for patterning and morphogenesis in the limbs (Figure 2). With the benefit of nearly 60 years of subsequent embryological, cell biological, molecular, and genetic observations, one can confidently revise and extend the conclusion of DeMyer et al. that “the face predicts the brain”: the brain builds the face – and other non-axial bilaterally symmetric structures along the A-P axis. This morphogenetic relationship between the brain, neural crest, and the periphery has another essential consequence: developmental coordination that integrates sensory and/or motor functions of biomechanical specializations that execute essential behaviors. Accordingly, this mechanism is a likely target for central nervous system dysfunction and related peripheral dysmorphology in multiple neurodevelopmental disorders.



COORDINATED DIFFERENTIATION OF A SENSORY PATHWAY BY NEURAL CREST: OLFACTORY DEVELOPMENT

If the brain does indeed build the face and other target sites, what are the likely purposes of this construction effort? Data from my laboratory over several decades suggests that an essential purpose of brain-constructed facial primordia is to coordinate the development of peripheral sensory sites with that of their central nervous system targets. Our work on initial specification and subsequent differentiation of the primary olfactory pathway provided initial support for this hypothesis (LaMantia et al., 1993, 2000; Anchan et al., 1997). The inspiration for this hypothesis came from classical embryological experiments that demonstrated the inductive capacity of the entire olfactory placode (op), presumably both ectodermal and mesenchymal components, to induce a supernumerary limb when transplanted beneath the flank ectoderm (Balinsky, 1956). In addition, extirpation and transplantation experiments suggested that the olfactory op exerted significant inductive influence on its primary target, the anterior Fb in both the frog and the mouse (Graziadei et al., 1978; Stout and Graziadei, 1980; Graziadei and Monti-Graziadei, 1992). Finally, observations in hamster embryos suggested that RA teratogenesis at a limited period of early Fb development – after the neural crest has arrived in the anterior cranial region – results in a loss of both the OE and the OB (Shenefelt, 1972). Thus, based upon tissue-tissue interactions and the apparent involvement of a key morphogenetic signal, it seemed possible that early induction played a role in olfactory pathway development.

We first asked whether there was inductive signaling via RA that normally prefigures the establishment of the anlagen of the OE and the OB, and whether this signaling influences the initial projection of olfactory sensory afferents to their OB targets (LaMantia et al., 1993). The coordinated effects of frontonasal mesenchyme (FnM) signaling, via production of RA by the mesenchyme only, establish domains of RA-mediated gene expression in the cranial surface ectoderm and ventral Fb neuroectoderm. These domains are sites of the earliest neurogenesis in the cranial periphery and the Fb (Figure 3). They will eventually differentiate as the OE in the periphery and the OB in the Fb. Finally, the cranial mesenchyme apparently constrains the initial growth of olfactory receptor neuron (ORN) axons to the presumptive OB as well as the morphogenesis of the bulb itself (Whitesides and LaMantia, 1996; Tucker et al., 2006). These inductive events are critically dependent on the migration of primarily mesencephalic neural crest cells into the most anterior aspect of the embryo as the anterior neural tube closes (Serbedzija et al., 1992; Osumi-Yamashita et al., 1994). These cells constitute the FnM interposed between the anterior surface ectoderm and the ventral neuroepithelium of the nascent prosencephalic vesicle.
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FIGURE 3. The sequence of neural crest-mediated M/E induction and its consequences for local patterning, neuronal differentiation, and initial establishment of the axon growth and targeting from the olfactory placode. The top panels show the stepwise initial development of the olfactory placode (op; blue shading), olfactory epithelium (OE; blue shading), and olfactory receptor neurons (ORNs) and their axons that constitute the nascent olfactory nerve (ON; red). A sub-population of mesencephalic/diencephalic neural crest cells in the FnM (green) produce RA and establish domains of RA-mediated gene expression (blue shading) in the Fb as well as the olfactory periphery. This Fb domain will generate the olfactory bulb (OB), the target of the axons from the OE via the ON. The middle panels summarize the inductive, patterning, sensory neuron differentiation and axon outgrowth, peripheral and brain morphogenetic events diagramed in the top panels. The bottom panels show the disruption of neural crest-mediated M/E interaction in the Pax6
Sey/Sey mutant and its consequences for each subsequent step of initial olfactory pathway formation (top panel adapted from LaMantia et al., 1993; middle and bottom panels adapted from LaMantia et al., 1993, 2000; Anchan et al., 1997; Balmer and LaMantia, 2004; Tucker et al., 2010).


Substantial attention has been given to the fates of neural crest cells that constitute the frontonasal as well as the branchial arch and lateral cranial mesenchyme (Noden, 1988; Gross and Hanken, 2008; Weston and Thiery, 2015). Ultimately, subsets of these cells will become progenitors for facial and pharyngeal bones and cartilage including those of the nose. Others will contribute to the cranial sensory ganglia (D’Amico-Martel and Noden, 1983; Freyer et al., 2011; Karpinski et al., 2016; Thiery et al., 2020). Still, others will constitute populations of melanocytes or vascular cells (Miller et al., 2017; Vandamme and Berx, 2019). Prior to acquiring those fates, however, subsets of these cells serve transient but distinct developmental functions: they provide molecular signals to adjacent tissues to elicit focally patterned gene expression and drive local cellular differentiation. This role for neural crest has been established for initial patterning and differentiation of cranial musculature and vasculature from mesodermal progenitors (Hill et al., 2015; Ziermann et al., 2018). Similar neural crest-mediated signaling mechanisms, prior to fate restriction and differentiation of these cells, also coordinate cranial peripheral and central nervous system development.

Focal-inductive signaling mediated by cranial neural crest prefigures and likely drives specification of peripheral and central “olfactory” progenitors for distinct neuronal fates. The neural crest cells of the FnM fulfill this role in at least three ways (Figure 3): first, they provide signals that pattern additional signaling centers in adjacent epithelia that then drive neuronal as well as skeletal differentiation (Bhasin et al., 2003; Marcucio et al., 2005). Second, they signal directly to neural progenitors to modulate division, migration, or fate in the OE as well as Fb precursors that generate OB interneurons (LaMantia et al., 1993; Anchan et al., 1997; Whitesides et al., 1998; Tucker et al., 2006, 2008). Third, they provide molecular guidance cues to growing ORN axons (Whitesides and LaMantia, 1996; LaMantia et al., 2000; Rawson et al., 2010).

Our data indicates that only a subset of FnM neural crest cells produce RA, based upon in vitro transcriptional “indicator” assays with a monolayer of heterologous cells substituting for endogenous target epithelia (Whitesides et al., 1998; LaMantia et al., 2000; Bhasin et al., 2003). Moreover, in vivo, the activation of a similar RA signaling reporter in subsets of presumed RA-responsive cells or expression of RA-responsive genes in the OE and Fb (Figure 3) indicates that the neural crest-derived FnM provides a local source of RA to drive expression of downstream genes in cranial ectodermal and neural tube domains that eventually generate OE and OB neurons (LaMantia et al., 1993, 2000; Whitesides et al., 1998; Rawson and LaMantia, 2007). The RA signaling capacity of neural crest mesenchymal cells in the frontonasal processes and other sites of non-axial M/E apposition reflects local expression and activity of RA synthetic enzymes, including Raldh2 and Raldh3 (Berggren et al., 1999; Haselbeck et al., 1999; Niederreither et al., 1999, 2002, 2003; Mic et al., 2000; Suzuki et al., 2000; Mey et al., 2001). RA synthesis and activity can be further influenced by expression of retinoid binding proteins and differential expression and activity of RA receptors and binding proteins in adjacent neural crest or target epithelial cells (Perez-Castro et al., 1989; Maden et al., 1991; Ruberte et al., 1991; Gustafson et al., 1993; Lohnes et al., 1994; Whitesides et al., 1998). The expression of many of these molecules persists throughout through adulthood and may influence ongoing ORN genesis and differentiation in the adult OE and OB (Whitesides et al., 1998; Thompson Haskell et al., 2002; Haskell and LaMantia, 2005; Hagglund et al., 2006; Peluso et al., 2012; Paschaki et al., 2013; Micucci et al., 2014; Login et al., 2015).



A WATCH ON THE “RHINE”: RHINENCEPHALIC MUTANTS, M/E INDUCTION, AND OLFACTORY DEVELOPMENT

Genetic analysis reinforced the essential contribution of M/E interactions between neural crest and additional local epithelial or mesenchymal cells in the initial assembly of the primary olfactory pathway from nose to brain. We selected four fully or partially arhinencephalic mutants in which initial olfactory pathway morphogenesis is disrupted: the Pax6 “Small Eye” mutation (Hill et al., 1991) in which both the OE and OB fail to form (Grindley et al., 1995; Anchan et al., 1997; Jimenez et al., 2000); The Gli3 Extra ToesJ
 mutation (Schimmang et al., 1992; Hui and Joyner, 1993) where the OE differentiates, but olfactory axons fail to enter the Fb in which the OB is absent (Sullivan et al., 1995; LaMantia, 1999; Balmer and LaMantia, 2004; Taroc et al., 2020); the Shh null mutant (Chiang et al., 1996; Ishibashi and McMahon, 2002; Hayhurst and McConnell, 2003), which is a model for the most extreme cases of holoprosencephaly or arhinencephaly – the clinical dysmorphologies that initially inspired DeMyer et al. to conclude that “the face predicts the brain” – and the Fgf8
Neo hypomorphic mutant in which ORN neurogenesis and OB morphogenesis is disrupted (Meyers et al., 1998; Kawauchi et al., 2005; Tucker et al., 2010). In each case, frontonasal and Fb M/E interactions are compromised with morphogenetic as well as cellular consequences for olfactory pathway development.

In the Pax6
−/− mutant, the OB and OE are absent, and the anterior snout, maxilla, and mandible are either absent or dysmorphic (Grindley et al., 1995; Anchan et al., 1997; Enwright and Grainger, 2000). In this mutant, RA signaling is abolished in domains that generate the OE and OB due to the failure of the RA-producing neural crest to migrate into the frontonasal region. The absence of the neural crest derived mesenchymal cells, and the failure of placodal and ventral Fb RA-mediated M/E signaling prefigures the morphogenetic failure of both the OE and the OB (Figure 3). The residual mesenchyme from Pax6
Sey/Sey cannot support olfactory neuron differentiation in WT pre-placodal ectoderm (LaMantia et al., 2000). Nevertheless, the capacity for RA responsiveness in both the cranial ectoderm and Fb neuroectoderm remains; however pharmacological activation of this responsiveness by exogenous RA fails to elicit recognizable differentiation of olfactory structures or their constituent neurons (Anchan et al., 1997).

The three additional mutants – Gli3, Shh, and Fgf8 – provide further support for a primary role of M/E interactions that engage neural crest and adjacent epithelia in olfactory pathway development. In Gli3
XtJ homozygotes, the Fb neuroepithelium is refractory to RA signaling despite local production of RA by neural crest-derived frontonasal mesenchymal cells and the OB does not form (LaMantia, 1999). Axons from differentiated ORNs grow into the apparently normally patterned FnM; however, they mostly fail to enter the undifferentiated Fb, with the exception of a few misrouted axon fascicles that manage to fenestrate the Fb basal lamina (Whitesides and LaMantia, 1996; Balmer and LaMantia, 2004). Shh
−/− mutants have a fused proboscis, and a single fused OE in which ORNs differentiate. This OE appears to be primarily “lateral” in its identity, surrounded by FnM that is also “lateral” based upon restricted expression of neural crest-associated markers, including Pax7 (Mansouri et al., 1996; Monsoro-Burq, 2015). In the Shh
−/− mutant, as in Gli3
−/−, where RA signaling (LaMantia, 1999; Maynard et al., 2013) as well as Shh signaling (Tole et al., 2000; Stamataki et al., 2005) is disrupted, ORN axons grow toward, but fail to enter, the dysmorphic Fb (Balmer and LaMantia, 2004).

Finally, in Fgf8
Neo/Neo mutants, the expression levels of one of the inductive targets of the RA-producing FnM, Fgf8 (see Figure 2), are substantially diminished (Meyers et al., 1998). ORN frequency in these mutants is diminished and their distribution altered due to disrupted proliferative capacities and neurogenic potential of distinct ORN precursor classes (Tucker et al., 2010). These changes parallel the disruption of OB differentiation in the dysmorphic Fb of Fgf8
Neo/Neo mutants (Meyers et al., 1998; Kawauchi et al., 2005). These observations suggest that in the absence of downstream signaling molecules like Fgf8, whose local sources in the cranial ectoderm or Fb are patterned and maintained by neural crest-derived mesenchymal RA-producing cells (Bhasin et al., 2003), morphogenesis and assembly of the olfactory pathway fails. Thus, observations in WT and mutant embryos define the central role of neural crest in local M/E interactions, especially those mediated by RA signals provided by neural crest mesenchymal cells, for the coordination of morphogenesis and subsequent connectivity of the olfactory system during early stages of Fb development.



OTHER CRANIAL NEURAL CREST CELLS AND OTHER CRANIAL NERVES

The role of the neural crest in the patterning or differentiation in other placodal derivatives that establish additional cranial sensory specializations is less clear. In contrast to early “inductive” events that specify cranial sensory pre-placodal ectoderm (Jacobson, 1963; Maier et al., 2014; Moody and LaMantia, 2015; Thiery et al., 2020), the subsequent interactions between each of the placodes, once specified, and neural crest cells – aside from those that influence differentiation of the embryonic OE – are less well understood. Embryological experiments suggest that the neural crest is not essential for the initial placode induction (Begbie et al., 1999; Haworth et al., 2004). Thus, the initial specification of the preplacodal ectoderm that will generate neural progenitors for the olfactory, trigeminal, and epibranchial/sensory placodes, as well as the lens and otic placode, relies upon planar signals and transcriptional effectors within the cranial ectoderm, as well as extrinsic signals from the lateral head mesoderm and prechordal mesendoderm (Hintze et al., 2017), and this process is coincident with the specification of the neural crest at the neural plate border zone (Rogers et al., 2012; Saint-Jeannet and Moody, 2014).

In contrast, post-migratory neural crest cells have distinct intermediate functions as well as terminal fates during initial morphogenesis of the eye, ear, and cranial ganglia. In the developing eye, neural crest-derived mesenchymal cells establish a local source of Tgfβ ligands that suppresses lens fate in presumptive lens epithelium, a placodal derivative (Grocott et al., 2012). In addition, RA-mediated signaling between the optic cup epithelium (neural tube-derived) and the neural crest-derived mesenchyme surrounding the eye is essential for ocular morphogenesis (Creuzet et al., 2005; Matt et al., 2005; Bailey et al., 2006). Less is known about the role of neural crest in signaling during otic placode differentiation. Neural crest cells contribute to the middle ear as well as generating glial cells that ensheathe axons from the acoustic/spiral ganglion (Chapman, 2011; Thompson and Tucker, 2013; Ritter and Martin, 2019). There is also some evidence that neural crest cells contribute to the inner ear (Freyer et al., 2011). Signaling via RA and Fgf8 from partly defined sources contributes to A-P patterning of the otic placode ectoderm, which is presumably the source of sensory neurogenic precursors, as well as the periotic mesenchyme which generates middle ear bones and epithelia (Frenz et al., 2010; Bok et al., 2011; Nakajima, 2015). The otic placode epithelium, presomitic, somatic mesoderm, and periotic mesenchyme have been suggested as RA sources during initial otic vesicle patterning; however, the contribution of neural crest to periotic mesenchyme has not been considered in the context of signaling prior to differentiation. Thus, the role of neural crest derived M/E interactions in the eye and ear, vs. the nose, remains uncertain.

We have begun to assess interactions between neural crest and placodal cells underlying development of cranial somatosensory ganglia. The dual origin of cranial ganglion sensory neurons, as well as their divergent fates – primarily mechanoreceptive for placode descendants, nociceptive for those from the neural crest (D’Amico-Martel and Noden, 1983) – is well established, and our analyses in the mouse (Karpinski et al., 2016; Maynard et al., 2020a; Motahari et al., 2020) confirmed and extended earlier studies. Using transcriptional lineage tracing, we identified diversity within the neural crest population (Figure 4). Neural crest-associated progenitors in all cranial ganglia include a population derived from a Wnt1 expressing domain in the dorsal/alar hindbrain (McMahon et al., 1992; Chai et al., 2000), and a population apparently not derived from this region that nevertheless expresses established neural crest markers including Foxd3 and Sox10. The proportions of these populations, placode-derived cells and each of the two molecularly distinct neural crest cell classes, are statistically similar in most cranial ganglia (Karpinski et al., 2016). In contrast, placode-derived populations predominate in the “special sense” organs – the OE and the inner ear. There is some uncertainty, however, over the contribution of the neural crest to initial populations of OE progenitors and early generated ORNs (Forni et al., 2011; Karpinski et al., 2016). It is also possible that at later fetal stages and in the adult OE, neural crest-derived progenitors can generate ORNs (Katoh et al., 2011; Suzuki et al., 2013). For auditory peripheral receptors and relay neurons, there is some evidence that subsets of sensory receptors (outer and inner hair cells) in the inner ear, as well as sensory relay neurons in the spiral ganglion (Cranial Nerve ganglion VIII; Figure 4), are derived from neural crest progenitors (Freyer et al., 2011).
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FIGURE 4. The relationship between nascent cranial sensory neurons, ectodermal placode, and neural crest-derived neural progenitors and neuroblasts in the cranial sensory ganglia at midgestation (E10.5) in the mouse. (A) The neuronal microtubule protein βIII-tubulin is expressed in newly generated ORNs (OE, top panel) as well as cranial sensory neurons in the trigeminal (gCN V), facial (gCN VII), spiral (gCN VIII), glossopharyngeal (gCN IX), and vagal (gCN X) cranial nerve ganglia and their axons that extend toward central (OE, gCNV, VII, VIII, IX, and X) as well as peripheral (gCNV, VII, VIII, IX, and X) targets. (B) Six1 (red), a marker of placode-associated cells and Wnt1:Cre recombination-mediated expression of a conditional GFP reporter allele (green), shows the relationship between placode-associated cells and neural crest-derived cells in the OE, FnM and cranial ganglia. Cells in the OE are labeled exclusively by Six1. Cells in the FnM are uniformly labeled by the Wnt1:Cre reporter, but a subset of them in the lateral nasal process also expresses Six1. Each of the cranial nerve ganglia, except for gCN VIII, is composed of primarily Six1-expressing placode-derived cells. The mesenchyme between the cranial nerve ganglia and the hindbrain at this stage of development has cells that express Six1 as well as the Wnt1:Cre reporter, as is the case for the cranial epithelium in the periphery. (C) Relationship between Six1-expressing, Wnt1:Cre reporter-expressing, and HuC/D-expressing cells in the OE and cranial nerve ganglia. In the OE, HuC/D-expressing newly generated neurons (blue) are scattered through the epithelium and have downregulated Six1 (arrows). In addition, there is a population of HuC/D expressing neurons (arrowheads) in the FnM that have also downregulated Six1 and are not labeled by the Wnt1:Cre reporter. These cells are most likely the GnRH-expressing neurons that migrate from the OE to enter the ventral Fb along newly extending ORN axons at this stage of development. In gCN V, gCN VII, and gCN IX/X, HuC/D-expressing neurons are coincident with cells labeled by Six1, the Wnt1:Cre reporter, or both (adapted from Karpinski et al., 2016).


Nevertheless, the four cranial ganglia responsible for the somatosensory regulation of orofacial sensory-motor integration: trigeminal (CNgV), facial (CNgVII), glossopharyngeal (CNgIX), and vagal (CNgX) are mosaics of substantial populations of placode-and neural crest-derived cells that condense with the cranial mesenchyme sometime after the anterior neural tube closes in most vertebrate embryos. Thus, for all cranial sensory neurons or the sensory organs in which they are found, neural crest-derived cells accumulate, interact with cranial ectodermal placodal cells, and either induce supporting structures or special sensory neurons or coalesce to form cranial ganglia after the translocation of placodal cells into the cranial mesenchyme. This confluence of neural crest and cranial ectoderm indicates that at the earliest stages of development, the fates of cells that will constitute the face and those that will comprise neural circuits in the peripheral and central nervous system that innervate the face (Cordes, 2001) are closely related. Parallel work in the spinal cord and its musculoskeletal or visceral targets suggests that coordination between early neural tube and peripheral patterning is essential for establishing appropriate neural circuits to control limb and visceral targets (Philippidou and Dasen, 2013). Thus, like the development of the spinal cord and limb, the hindbrain and the face may reflect a singular developmental program that coordinates peripheral structures and the neural circuits that control these structures.



BEYOND THE FACE? A GENETIC DISORDER WITH FACE, LIMB, HEART, AND FB ANOMALIES

The coincidence of so-called minor physical anomalies – mild to severe malformations of craniofacial structures, including ears, eyes, and noses and the limbs – as well as increased coincidence of cardiovascular malformations in a number of clinically diagnosed behavioral syndromes like schizophrenia and autism or multiple genetic neurodevelopmental disorders (Tripi et al., 2008; Compton et al., 2011; Delice et al., 2016; Myers et al., 2017), led to an additional test of our central hypothesis: the coordinated regulation of neural crest-mediated M/E interaction may be central to optimal morphogenesis at each of the sites of non-axial induction, including limbs, face, heart, and Fb. Accordingly, this mechanism may be uniformly disrupted in disorders that include minor physical anomalies, cardiovascular malformations, and Fb developmental disruption – reflected in complex behavioral deficits that define clinically diagnosed neurodevelopmental disorders like schizophrenia and autistic spectrum disorder as well as several genetic neurodevelopmental syndromes.

We selected the microdeletion disorder 22q11.2 Deletion Syndrome (22q11DS), also known as DiGeorge or Velocardiofacial syndrome, to evaluate our hypothesis. 22q11DS is a global developmental disorder whose phenotypic spectrum includes highly penetrant cardiovascular malformations, as well as craniofacial anomalies, mild limb and digit anomalies, and a high frequency of behavioral difficulties that resemble clinically diagnosed neurodevelopmental disorders, including schizophrenia, autistic spectrum disorder, and attention deficit disorder, accompanied by altered brain morphology and function (Schneider et al., 2014; McDonald-McGinn et al., 2015; Rogdaki et al., 2020). 22q11DS, as the name suggests, is not caused by a single loss-of-function mutation but deletion of a limited number of genes: minimally 32 in humans (Morrow et al., 2018) and their subsequent approximately 50% diminished expression (Meechan et al., 2006; Maynard et al., 2008, 2013, 2020a). There is a high level of conservation of these genes, as a colinear set, across multiple vertebrates, including the mouse, in which 28 of the 32 minimally critically deleted genes are found adjacent to one another on murine Chromosome 16 (Meechan et al., 2015). There is remarkable homology of the colinear set of 22q11-deleted genes in multiple species, and their cellular, developmental, and homeostatic functions in a broad range of cells, tissues, and organs appear to be similar in most vertebrates – and even some invertebrates – analyzed thus far (Meechan et al., 2015; Motahari et al., 2019). A key aspect of 22q11 gene function across these species may be the apparent relationship to neural crest, and non-axial M/E signaling at midgestation, and its consequences for subsequent morphogenesis and neural circuit development.



LOCATION, LOCATION, LOCATION: RESTRICTED EXPRESSION AND ACTIVITY OF 22Q11 GENES AT M/E SITES

The first question we asked was whether one, two, or a few of the genes deleted in 22q11DS were expressed at sites of non-axial M/E interaction where 22q11DS phenotypes will eventually arise: limb buds, cardiac-related/pharyngeal arches, craniofacial pharyngeal arches, and the cranial or FnM (Maynard et al., 2002, 2003). Rather than a few 22q11 deleted genes, we found that 21/28 are expressed selectively at these sites based upon qPCR analysis in micro-dissected samples of each M/E inductive site as well as whole mount in situ or immunolabeling (Figure 5). None of the 22q11 genes is known to selectively alter neural crest specification or migration (Motahari et al., 2019). Instead, many of these genes, including several candidates for specific 22q11DS phenotypes, seem to modulate either local patterning, differentiation, or signaling. Complete loss of function mutations of some of these genes lead to substantial dysmorphology at several sites of non-axial M/E induction (Scambler, 2010; Paronett et al., 2015; Motahari et al., 2019), while heterozygous deletion, usually in the context of broader 22q11 gene deletion, leads to variable dysmorphology or dysfunction in a variety of organ systems.
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FIGURE 5. A large subset of mouse orthologues of the genes on human Chr. 22 deleted in DiGeorge/22q11 Deletion syndrome (22q11DS) are expressed in the developing or adult brain as well as sites of neural crest-mediated M/E induction at midgestation. (A) The location on mouse chromosome 16 of 28/32 orthologues of the genes in the minimal critical deleted region of human chromosome 22 whose heterozygous deletion causes 22q11DS. (B) PCR, in situ hybridization, immunoblotting, and immunlocalization identify expression of 22 of the 28 murine 22q11 orthologues in the developing and adult mouse brain. (C) Multiple 22q11 orthologues are expressed uniformly at sites of neural crest-mediated M/E induction as well as in the nascent central nervous system in the midgestation mouse embryo (E10.5). The purple-blue label shows in situ hybridization labeling of mRNA for several 22q11 genes at these sites, and the brown label shows the localization of proteins encoded by three of the deleted genes (panel A, B, adapted from Meechan et al., 2015; panel C adapted from Motahari et al., 2019).


Two additional observations reinforce the conclusion that 22q11 genes, as a group, contribute to the local regulation of M/E interactions at sites of non-axial induction. First, disrupted signaling, particularly via RA, Fgfs, Bmps, or Wnts – all implicated in non-axial M/E signaling and morphogenesis – can recapitulate, at least partially, some of the phenotypes associated with 22q11DS (Frank et al., 2002; Bachiller et al., 2003; Vermot et al., 2003; Aggarwal et al., 2006; Huh and Ornitz, 2010; Guo et al., 2011). Several of these signaling pathways are sensitive to 22q11 gene dosage, based upon dysmorphic phenotypes or altered patterns and levels of gene expression in mouse models. There are genetic interactions between diminished dosage of 22q11 genes, particularly Tbx1, a 22q11 gene for cardiovascular and pharyngeal arch phenotypes, and the RA, Shh, Fgf, and Bmp signaling pathways (Garg et al., 2001; Ryckebusch et al., 2010; Maynard et al., 2013). Our data suggests that interactions between the 22q11 genes, RA and Shh signaling, are enhanced by full 22q11 deletion compared to that seen in Tbx1
+/− mutants. Together, these observations suggest reciprocal local regulation for 22q11 gene dosage and cardinal signaling pathways at sites of non-axial accumulation of neural crest mesenchymal cells, neural crest-mediated M/E inductive interactions, and downstream morphogenetic mechanisms.

22q11DS has been classified as a neural crest disorder or “neurocristopathy” based upon the coincidence of cardiovascular and craniofacial phenotypes (Walker and Trainor, 2006; Vega-Lopez et al., 2018). The available evidence, however, indicates that, at least for the cardiovascular malformations, the differentiation capacity of the neural crest is not substantially targeted by 22q11 deletion or heterozygous loss of function of Tbx1, a 22q11 gene considered a candidate for the cardiovascular phenotype whose expression and activity is limited to the pharyngeal mesoderm and endoderm (Kelly et al., 2004; Arnold et al., 2006; Aggarwal et al., 2010). Instead, 22q11DS phenotypes may result from altered neural crest-mediated interactions with mesodermal or endodermal targets that express Tbx1. Our evidence suggest that a significant portion of the 22q11DS phenotypic spectrum reflects the coordinated expression of multiple 22q11 genes and their dosage-sensitive influence on neural crest-mediated M/E induction beyond that of Tbx1 (Maynard et al., 2013, 2020a; Karpinski et al., 2014; Motahari et al., 2020). These 22q11 genes have reciprocal regulatory interactions with cardinal inductive signaling pathways critical for optimal M/E induction at each of the phenotypic sites. When these interactions are disrupted by diminished dosage of multiple 22q11 genes, altered M/E induction results in a sequence of pathogenic changes that contribute to the phenotypic spectrum associated with 22q11DS.



OTHER FACES, OTHER BRAINS: AN UNMAPPED MONOGENIC DISORDER WITH FACE, LIMB, AND BEHAVIORAL PHENOTYPES

The relationship between 22q11 genes and cardinal signaling pathways at sites of M/E interaction and pathogenesis of 22q11DS phenotypes suggests that mutations of additional genes that influence early neural crest-mediated M/E induction may result in craniofacial and brain anomalies in additional human genetic developmental disorders. To evaluate this possibility, we identified an apparently monogenic, homozygous autosomal recessive, human genetic disorder in a consanguineous pedigree (Manzini et al., 2010). Affected individuals had craniofacial and limb dysmorphology as well as Fb-related behavioral disruption. We mapped and identified the mutated gene and then assessed the timing and localization of expression of this gene during development in both human and mouse (Figure 6).
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FIGURE 6. The mutant gene in a rare monogenic disorder characterized clinically by craniofacial, limb, and Fb anomalies is initially expressed focally and maximally at sites of neural crest-mediated M/E induction. (A) Craniofacial, brain, hand (forelimb), and foot (hindlimb) anomalies in a 19-year-old male. This individual also had developmental delay, poor academic performance, and poor language skills from an early age. (B) Mapping and confirming the causal mutant gene for this Mendelian, monogenic disorder. The mutant gene SPG20, is a microtubule-interacting trafficking molecule involved in multiple signaling and metabolic cellular processes. The mutation in this Omani pedigree is a novel SPG20 two base pair deletion mutation that results in undetectable expression of SPG20 in fibroblasts from affected individuals in the pedigree, as well as undectectable Spartin protein expression. (C) Localization of Spg20, the murine orthologue of SPG20 by in situ hybridization in an E10.5 mouse embryo, shows focal, selective expression at sites of neural crest-mediated M/E induction, including FnM and Fb, the maxillary process (mx), and as well as the nascent mandibular process (ba1), the hyoid process (ba2), the heart (h), and Flb. (D) qPCR in microdissected frontonasal mass/Fb, branchial arches, h and Flb confirms enhanced expression of Spg20 at these M/E inductive sites. These expression levels, especially for the fnm/fb, ba1/2, and flb, are substantially elevated above the expression level detected in the whole E10.5 embryo (wh; adapted from Manzini et al., 2010).


The proband for this study was an affected male with craniofacial and limb morphological/skeletal anomalies, dysarthria, developmental delay, and intellectual/cognitive impairment. Unaffected siblings had none of these phenotypes (Figure 6). In addition to these “core” morphological and behavioral features, this disorder was accompanied by spasticity, and some evidence of neurological degenerative change over the lifespan. The causal mutation for this disorder in the Omani pedigree was a novel variant of the SPG20 gene (Figure 6) that encodes a protein called Spartin. Mutations in SPG20 had been previously linked to Troyer Syndrome, a Hereditary Spastic Paraplegia variant identified in Amish pedigrees in which craniofacial phenotypes were not reported (Patel et al., 2002). Spartin is a microtubule interaction/intracellular trafficking-related protein thought to be involved in a range of cellular functions including microtubule dynamics, cytokinesis, endosome trafficking, mitochondrial integrity, and signaling via EGF and Bmps (Bakowska et al., 2007; Renvoise et al., 2010, 2012; Nahm et al., 2013). The question that emerged was whether the craniofacial morphological anomalies, overbite, hypertelorism, expanded philtrum, low set, enlarged pinnae, and the hand and foot skeletal anomalies, might reflect early morphogenetic disruption due to altered M/E interaction vs. subsequent consequences of neurodegenerative mechanisms underlying progressive spasticity.

An apparent answer to this question emerged from a quantitative expression analysis in human brain and a parallel analysis in the mouse brain as well as the early mouse embryo (Figure 6). We found that SPG20 is expressed at varying levels in distinct regions of the adult human brain and at a comparatively higher level in the fetal human brain. While this does not discount functional significance for Spartin function in the mature human brain, it indicates that its expression is neither ubiquitous nor robust. Instead, it suggests a role for Spartin in neural development. We replicated these observations in parallel regions of the mouse brain at parallel ages; however, in the mouse, we were also able to compare Spg20 expression levels in distinct brain regions with those in the early embryo. We found that Spg20 is maximally expressed in the whole mouse embryo at midgestation – E10 – at relative levels far greater than any reached in the postnatal developing or mature brain (Manzini et al., 2010). We then assessed regional localization in midgestation embryos in two ways: whole embryo in situ hybridization to assess spatial localization and qPCR in microdissected limb buds, branchial arches, hearts, and frontonasal mass/Fb: sites of M/E interaction that share mechanistic and morphogenetic properties (Figure 6). We found selective spatial expression of Spg20 in the mesenchyme and epithelium of the limb buds, aortic and branchial arches, frontonasal mass (most likely the mesenchyme interposed between the Fb neuroepithelium and surface ectoderm), and Fb. There was limited expression in the hindbrain and no label above background in the spinal cord. qPCR analysis showed that the expression levels of Spg20 were highest in microdissected samples of limb buds, branchial arches, and frontonasal mass/Fb from E10.5 embryos.

Thus, there is a maximal expression of a novel gene at sites of neural crest M/E induction, and mutation of this gene results in craniofacial and limb morphogenetic disruption, as well as developmental delay and cognitive deficits, presumably due to altered brain development. Thus, consistent with the assertion that “The Face Predicts the Brain,” a combination of facial and brain phenotypes in this monogenic disorder predicted the pattern and schedule of expression and perhaps the activity of a single gene. These data suggest that Spartin may contribute to early non-axial morphogenetic mechanisms that depend upon coordinated neural crest-mediated M/E induction, including craniofacial, limb, and early Fb development.



PUTTING IT TOGETHER: FACE, BRAIN, AND BEHAVIOR

The predictive relationship between the face and the brain, extended to the limbs and the heart, provides a foundation to consider how development of neural circuits that organize distinct behaviors and peripheral structures that execute these behaviors might be coordinated. Such coordination may be facilitated by the ambassadorial signaling capacity of the A-P specified neural crest from distinct regions of the neural tube where related circuits will differentiate. The relationship between A-P patterning of the hindbrain, the hindbrain neural crest, the craniofacial primordia, and the cranial nerves has been assessed in the context of A-P signaling and transcriptional regulation including that via Hox genes and other regulators of early axial patterning (Wilkinson, 1993; Parker and Krumlauf, 2020) or for their role in coordinating the differentiation of intrinsic brainstem neural circuits (Gavalas et al., 2003; Narita and Rijli, 2009; Di Bonito and Studer, 2017). Less attention has been paid to the integration of parallel development of craniofacial structures, cranial sensory and motor nerves, and neural circuits that coordinate essential oro-facial motor behaviors. We, therefore, sought to define a distinct behavior whose neural control and biomechanical execution might be facilitated by coordinated development of the face and brain via neural crest-mediated signaling.

The coordination of cranial sensory placode differentiation and that of brain targets, best exemplified by the development of the olfactory pathway, suggests the integrated development for neural circuits that relay and represent cranial “special” sensory information in one direction: from the periphery to the central nervous system. This information is further integrated by Fb “association” circuits to generate complex representations and behaviors from multi-modal sensory input (Sosulski et al., 2011; Uchida et al., 2014). In contrast, we sought to identify a behavior for which sensory inputs and motor function were more closely aligned and more precisely associated with peripheral craniofacial structures, independent, at least initially (Muscatelli and Bouret, 2018), of additional integration in Fb association circuits. One essential behavior emerged as a likely candidate: suckling, feeding, and swallowing (S/F/S; LaMantia et al., 2016; Maynard et al., 2020b). This fundamental, innate behavior shared across all mammals relies upon sequential sensory inputs and motor commands from cranial sensory and motor nerves in an approximate A-P order (Figure 7). This integrated sensory motor information subsequently activates distinct craniofacial structures to execute the biomechanical operations that permit optimal S/F/S from birth onward. Thus, S/F/S may represent a behavior whose neural and biomechanical bases reflect the predictive relationship between the face and the brain – or the brain and the face.
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FIGURE 7. Early disruption of hindbrain patterning alters anterior cranial nerve differentiation, prefiguring anomalous oropharyngeal sensory/motor function that likely contributes to suckling, feeding, and swallowing (S/F/S) difficulties in early post-natal LgDel mouse pups who carry a heterozygous deletion of the 28 murine orthologues of the genes deleted in 22q11DS. (A) The five cranial nerves that contribute to sensory/motor control of S/F/S have begun to differentiate by E10.5 in the mouse. In this preparation, they have been immunolabeled in the whole by the early marker for neuron and axons, βIII-tubulin, and visualized in a high-resolution confocal image in which embryo volume/depth is color coded, with warm colors representing structures close to the viewer and cooler colors representing those deeper in the embryo. The inset shows the multiple small axon fascicles that characterize the maxillary branch (Mx) of the trigeminal nerve (V) and the single fascicle of axons that forms as the mandibular branch in typically developing WT embryos. (B) The A-P array of S/F/S contributing cranial nerves is prefigured in E9.5 embryos by a gradient of RA-signaling that distinguishes posterior (r5,6) from anterior (r2,3) rhombomeres in the developing hindbrain. This posterior RA-dependent patterning, as well as opposing anterior signaling via Fgfs and Wnts, specifies the precursors of the cranial sensory neurons and hindbrain motor neurons that then differentiate as the cranial nerves within 24 h. (C) In LgDel E9.5 embryos, the gradient of RA signaling is enhanced in and shifted beyond posterior rhombomeres; it now elicits RA-regulated gene expression in anterior rhombomeres. Within a day, anterior cranial nerves, V (trigeminal) and VII (facial) are dysmorphic. The multiple axon fascicles normally seen in the Mx of V are diminished, the mandibular branch is similarly hypotrophic, and the facial nerve (VII) lacks its nascent anterior branch (arrow). In addition, the posterior cranial nerves IX (glossopharyngeal) and X (vagus) have either small axonal anastomoses (arrowhead) or in extreme cases are fused. (D) When RA signaling levels are diminished genetically by heterozygous deletion of the RA synthetic gene Raldh2 in LgDel embryos (“Rescue”), the pattern of RA-dependent gene expression in the anterior rhombomeres returns to that seen in the WT. In parallel, initial differentiation of the nascent trigeminal and facial nerve is restored to the WT state. The ophthalamic (Op), Mx, and mandibular branches of the trigeminal nerve (V) extend toward their targets as in the WT with similar degrees of fasciculation. The facial nerve branches appropriately (arrow). The fusion of the posterior cranial nerves IX and X persists, most likely because this reflects the disrupted differentiation of cardiovascular targets due to Tbx1 heterozygous deletion, independent of hindbrain RA-dependent A-P patterning. (E–H) Schematics of the relationship between RA-dependent hindbrain patterning and the growth and trajectory of individual trigeminal motor and sensory axons in the WT embryo. Individual trigeminal motor axons, as well as primarily placodal derived trigeminal sensory axons, respond differently as they interact with neural crest derived mesenchymal substrates in the periphery whose A-P identity has been presumably altered by enhanced RA signaling in the anterior rhombomeres.


To evaluate this relationship, we once again began with the genetics of human developmental disorders and their consequences for morphological and behavioral disruption. The incidence of S/F/S difficulties from birth through early childhood – collectively referred to as pediatric dysphagia – is significantly elevated in genetic developmental syndromes as well as children with clinically diagnosed behavioral neurodevelopmental disorders (Berlin et al., 2011; Kleinert, 2017; Robertson et al., 2017; Bianco and Rota, 2018; Maynard et al., 2020b; Nordstrom et al., 2020), including infants and toddlers with 22q11DS (Eicher et al., 2000). Craniofacial and brain anomalies characterize all of these developmental disorders, including 22q11DS. If S/F/S is the result of coordinated neural and craniofacial development via neural crest-dependent signaling, genetic lesions that underlie developmental disorders should disrupt this process. This would indicate a predictive relationship between the face and brain in optimal circumstances and pathologic consequences when that relationship is disrupted in clinically or genetically diagnosed developmental disorders.



SWALLOW HARD: DOES THE FACE PREDICT THE BRAIN AND BEHAVIOR FOR S/F/S?

To assess whether distinct behavioral capacities reflect the predictive relationship between the face and the brain, we asked whether disrupted coordination of craniofacial and neural circuit differentiation in the LgDel mouse model of 22q11DS (Merscher et al., 2001; Meechan et al., 2015) might result in divergent S/F/S capacity that parallels dysphagia in infants and toddlers with 22q11DS. S/F/S is disrupted in LgDel mouse pups. We found changes in milk ingestion, transit, and distribution in LgDel pups. These pups have acute nasopharyngeal, as well as lung aspiration, naso-sinus/lung accumulation of milk protein accompanied by inflammation or infection in register with lymphocyte infiltration of these anomalous protein aggregates and diminished growth based on reduced rate of weight gain over the first 30 postnatal days (Karpinski et al., 2014; Yitsege et al., 2020). These disruptions parallel key features of pediatric dysphagia, including that in infants and toddlers with 22q11DS. Additional observations identify partially penetrant morphological changes in the LgDel mandible and midline craniofacial bones (Karpinski et al., 2014; Welby et al., 2020). The sizes, gene expression profiles, and differentiation of subsets of cranial sensory and motor neurons are disrupted in LgDel pups (Karpinski et al., 2014; Wang et al., 2020). Finally, altered hypoglossal motor neuron activity, including divergent dysregulation of protruder and retractor tongue muscles, is seen in LgDel pups (Wang et al., 2017, 2020), prefiguring craniofacial anomalies as well as disruption of tongue movement and feeding-related behaviors seen in adult LgDel mice (Welby et al., 2020).

It seemed possible that these disruptions of integrated craniofacial biomechanical morphogenesis, operation, and cranial sensory and motor control might be prefigured by disruption of an early developmental “program” that coordinates craniofacial and neural morphogenesis and differentiation to ensure optimal S/F/S at birth. To address this question, we first focused on potential changes in A-P hindbrain patterning that would have parallel consequences for establishing identity and signaling capacity for hindbrain cranial neural crest as well as cranial ectoderm and hindbrain neural progenitors. We reasoned that early disruption of a developmental program that coordinates face and brain development for optimal S/F/S might begin with aberrant specification of neural crest as well as neural tube progenitors of cranial/oropharyngeal skeletal elements and cranial nerve circuits (Figure 7).

We found an apparent RA-mediated “posteriorization” of anterior rhombomeres, altered expression of additional rhombomere-specific genes, and apparent increased RA signaling in posterior rhombomeres by E9.5 in the hindbrain of LgDel embryos (Karpinski et al., 2014; Motahari et al., 2020; Yitsege et al., 2020). This early disruption of hindbrain A-P patterning was accompanied by a 22q11 deletion-specific changes in position and initial axon outgrowth of the trigeminal nerve (CN V) in LgDel embryos (Karpinski et al., 2014; Maynard et al., 2020a; Motahari et al., 2020; Yitsege et al., 2020). We did not see these changes of initial CN V morphology and axon growth in Tbx1
+/− embryos where posterior cranial nerve disruptions have been reported previously (Vitelli et al., 2002; Calmont et al., 2011, 2018). In contrast, they were enhanced in Ranbp1
−/− embryos (Paronett et al., 2015) in which the mutant gene, Ranbp1, is typically expressed in premigratory neural crest and at sites of M/E induction (Maynard et al., 2002, 2003). Thus, in Ranbp1
−/− embryos, the posterior shift of rhombomere patterning, based upon ectopic RA-regulated gene expression, is far more prominent than that in LgDel, as is disruption of CN V differentiation (Motahari et al., 2020).

We confirmed the RA-dependence of this hindbrain patterning change in LgDel and its relationship to initial cranial nerve dysmorphology via genetic rescue of the anomalous RA-dependent shift in patterning. We diminished RA signaling by approximately 20% (Maynard et al., 2013) using a heterozygous null allele of the rate limiting RA synthetic enzyme Raldh2 (Zhao et al., 1996; Niederreither et al., 1999). In these compound, LgDel:Raldh2
+/− embryos at E9.5, hindbrain patterning, and RA-dependent gene expression, detected by in situ hybridization (Figure 7) approximates the WT pattern (Figure 7), as does CN V differentiation and appropriately directed axon growth (Karpinski et al., 2014; Motahari et al., 2020). To confirm this impression based upon in situ hybridization, we performed qPCR for Cyp26b1 message, as well as that of three other RA-regulated genes: Gli1, Rarα and Hoxa2, in microdissected E9.5 hindbrains from E9.5 WT, LgDel, and LgDel:Raldh2
+/− embryos. The mRNA levels for all four genes are significantly elevated above WT in the LgDel hindbrain and return to WT levels in the LgDel:Raldh2
+/− hindbrain (Karpinski et al., 2014). Thus, the return of RA regulated gene expression toward WT A-P patterns and WT expression levels in LgDel hindbrain at E9.5 prefigures CN V differentiation in LgDel that is also indistinguishable from the WT by E10.5.

The RA sources that lead to altered hindbrain patterning in LgDel embryos remain uncertain. There is evidence that graded, as well as focal RA, signaling, activated by RA synthesized in the anterior somites as well as in the neural tube, leads to the typical RA-mediated pattern of posterior vs. anterior gene expression in the hindbrain, as well as in the differentiating cervical and lumbar spinal cord (Colbert et al., 1993; McCaffery and Drager, 1994; Maden et al., 1998; Gavalas and Krumlauf, 2000). It is uncertain whether the posteriorized pattern of gene expression in LgDel reflects enhanced RA production from these established sources or a shift in RA-synthetic capacity of hindbrain neural crest, migrating into the mesenchyme adjacent to anterior rhombomeres. Subsets of these neural crest mesenchymal cells produce RA (see Figure 2) once they reach the branchial arches (Bhasin et al., 2003), and they may do so ectopically to alter A-P patterning in the LgDel hindbrain.

These initial disruptions of hindbrain patterning, craniofacial, and cranial nerve development are accompanied by divergent differentiation of neural crest-derived cranial sensory neurons and the additional sensory and motor neurons, derived from the trigeminal placode and hindbrain neuroepithelium, respectively, with which they interact. Cell biological and lineage analysis, as well as transcriptomic comparison of WT and LgDel trigeminal ganglia (CNgV), indicates that the proportions of neural crest-derived and placode-derived sensory neurons in LgDel CNgV are altered, with placode cells and related transcripts predominating (Karpinski et al., unpublished; Maynard et al., 2020a). These changes are matched by altered mRNA transcript levels of multiple neural crest and placode-associated genes in the embryonic trigeminal ganglion (Maynard et al., 2020a), including regulators of placode (Six1) and neural crest-associated transcription factors (Sox10, Foxd3, Cited4). The proportional change of placodal vs. neural crest-derived CNgV sensory neurons reflects altered local cell-cell interactions as the ganglion coalesces that prefigure premature asymmetric neurogenic divisions by neural crest-derived CNgV progenitors (Karpinski et al., unpublished). These changes are paralleled by disrupted initial growth of CN V sensory and motor axons (Motahari et al., 2020). Aberrant axons at this early stage originate primarily in placode-derived sensory neurons or hindbrain-derived motor neurons; however, they interact extensively with anomalously patterned, transcriptionally divergent LgDel neural crest (Figure 7), both within CNgV and in their maxillary and mandibular targets composed largely of neural crest-derived mesenchymal cells (Motahari et al., 2020).

This early divergence of the developmental program coordinating the craniofacial periphery, cranial nerves, and hindbrain essential for optimal S/F/S prefigure dysfunction and cellular changes in cranial motor and sensory neurons in nursing LgDel pups. Levels of expression of genes associated with neural crest-derived nociceptive neurons in CNgV are altered in LgDel P8 pups (Karpinski et al., unpublished). Cranial motor neurons essential for S/F/S are also compromised in LgDel pups. Intrinsic excitable properties, firing rates, and effectiveness of excitatory vs. inhibitory inputs onto hypoglossal and laryngeal motor neurons are compromised in LgDel pups (Wang et al., 2017, 2020). These changes differ for hypoglossal motor neurons that project to protruder vs. retractor muscles of the tongue, and there are selective changes in dendritic architecture for these two target muscle-defined neuron classes (Wang et al., 2020). Additional analyses indicate similar physiological changes in laryngeal motor neurons (Caudill et al., unpublished). Finally, we found that the physiological changes in hypoglossal motor neurons are accompanied by cytological changes in distribution, morphology, and apparent neurotransmitter content of GABAergic presumed inhibitory synapses (Popratiloff et al., unpublished). Thus, multiple neuronal types, sensory neurons derived from the neural crest, as well as placode-derived sensory and hindbrain-generated motor neurons that project to oropharyngeal targets whose development relies upon the neural crest, are compromised by 22q11 deletion-dependent altered patterning of hindbrain neural crest and neural tube cells essential for morphogenetic interactions that underlie craniofacial and neuronal differentiation for optimal S/F/S.



MANY FACES (AND BRAINS) IN THE CROWD

DeMyer et al. described the face’s capacity to “predict” the brain in the context of craniofacial and neurodevelopmental pathology; however, it is unlikely that this relationship serves primarily as a target for morphogenetic and behavioral pathology (LaMantia, 1999; Fish, 2016; Maynard et al., 2020b). Instead, the predictive relationship between the face and the brain may reflect adaptive flexibility that matches craniofacial specializations for sensation, as well as facial and oropharyngeal movement in individuals, as well as across vertebrate species where the cranial sensory and musculoskeletal interface for distinct environments – aquatic, terrestrial, and arboreal modes of sensory detection, breathing, food ingestion, and facial expression must be optimized for maximal adaptive advantage (Kuratani et al., 2013; Fish, 2019; York et al., 2020). This requirement for adaptive flexibility to match the face and the brain with environment and niche may be solved by deploying neural crest cells, in varying quantities with modest changes in molecular identities and genetic control networks (Depew et al., 2005; Yu, 2010; Moody and LaMantia, 2015). Once in place, similarly modest variations of neural crest/placode M/E interaction, signaling pathways, and downstream transcriptional regulation (Cotney et al., 2013; Graf et al., 2016; Dubey et al., 2018; Williams and Bohnsack, 2019; Dash and Trainor, 2020) could result in species-specific distinctions in register with demands of adaptation and selection. Such flexibility in individuals or species for neural crest as inductive ambassadors would yield substantial adaptive capacity. Accordingly, distinctions between craniofacial structures and related neural circuits in fish, frogs, birds, and mammals may reflect quantitatively modified M/E interactions that coordinate the face and the brain rather than divergent, novel mechanisms for each of these species to “put on” an adaptive face and build the neural circuits to control it effectively.



MIRROR IMAGES: DOES THE FACE PREDICT THE BRAIN OR THE BRAIN PREDICT THE FACE?

The sum of the evidence on coordination of craniofacial and neural development suggests that the provocative proposal of DeMyer et al. can easily be rephrased in mirror image: the brain predicts the face. This reflection is due primarily to the critical role played by subsets of mesenchymal neural crest cells, derived from distinct regions of the neural tube, in inducing local patterned expression of key signaling molecules and downstream effectors via M/E interaction to drive craniofacial and central neural circuit differentiation. Indeed, this predictive relationship between the development of neural circuits and their peripheral targets due to neural crest-mediated M/E induction is likely to constrain differentiation of the spinal cord, dorsal root ganglia, and limbs (Philippidou and Dasen, 2013), morphogenesis of the developing heart and development of its autonomic and central innervation (Vegh et al., 2016), auditory sensory differentiation and brainstem auditory circuits (Frank and Goodrich, 2018), sensory and motor circuits for cranial somatosensation (Erzurumlu et al., 2010; Kitazawa and Rijli, 2018), ocular differentiation and visual relay circuits (Petros et al., 2008; Fuhrmann, 2010), in addition to the primary olfactory pathway as well as S/F/S oropharynageal structures and circuits (Figure 8). In each instance, coordination of central neural circuit differentiation and peripheral target morphogenesis is at least constrained or at most controlled by the initial A-P identities of the neural crest cells that depart the neural tube and the neural progenitors with the same A-P identities that remain.

[image: Figure 8]

FIGURE 8. Coordination of A-P identity in the nascent central nervous system and peripheral sites of neural crest-mediated M/E induction prefigures coordinated differentiation of peripheral sensory organs, the heart and viscera, and the limbs as well as neural circuits that control each structure in the peripheral and central nervous system. (A) A summary of the A-P locations in the neural tube that generate neural crest and the brain regions they reflect. (B) The potential relationship between peripheral structures, sensory organs, and sensory ganglia induced or patterned by non-axial neural crest-mediated M/E interactions and the central neural circuits that control the function of these structures. It is unclear whether the coordination of peripheral induction via the neural crest in the A-P axis and corresponding regions of the neural tube has a direct influence on the regional differentiation of anterior Fb regions that process relevant information, with the exception of the OB. The locations of the relevant regions of the cerebral cortex that receive thalamic (diencephalic) inputs from relay nucleic for vision (eye), audition (ear), and somatosensation (sensory cranial ganglia) are indicated for completeness.


There is, however, an important transformation of the fundamental mechanisms for coordinated craniofacial and neural circuit development implied by the mirror image of dictum of DeMyer et al. If the brain predicts the face rather than the face predicting the brain, the fundamental pathogenic divergence in genetic or clinically diagnosed disorders that include behavioral and craniofacial disruption as key features may actually occur at the very earliest stages of brain development: when neural crest as well as neural stem cells in the nascent neural plate and tube begin to acquire appropriate positional identities and developmental capacities. This event precedes coalescence of the neural crest in the differentiating neural tube and its departure for M/E inductive sites (Huang and Saint-Jeannet, 2004; Sauka-Spengler and Bronner-Fraser, 2008; Stuhlmiller and Garcia-Castro, 2012). It relies upon an extensive gene and signaling network that provides a substantial set of targets for mutation, as well as environmental disruption. Thus, when the presumptive brain – neural stem cells in the neural plate and tube – is disrupted, neither the brain and the neural circuits it comprises, nor the face and the sensory specializations it will help build acquire typical, optimal states of differentiation. In this hall of mirrors, the brain does indeed predict the face before the face predicts the brain.
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Craniofacial morphogenesis depends on proper migration of neural crest cells and their interactions with placodes and other cell types. Hox genes provide positional information and are important in patterning the neural crest and pharyngeal arches (PAs) for coordinated formation of craniofacial structures. Hox genes are expressed in the surface ectoderm and epibranchial placodes, their roles in the pharyngeal epithelium and their downstream targets in regulating PA morphogenesis have not been established. We altered the Hox code in the pharyngeal region of the Hoxb3Tg/+ mutant, in which Hoxb3 is driven to ectopically expressed in Hoxb2 domain in the second pharyngeal arch (PA2). In the transgenic mutant, ectopic Hoxb3 expression was restricted to the surface ectoderm, including the proximal epibranchial placodal region and the distal pharyngeal epithelium. The Hoxb3Tg/+ mutants displayed hypoplasia of PA2, multiple neural crest-derived facial skeletal and nerve defects. Interestingly, we found that in the Hoxb3Tg/+ mutant, expression of the Notch ligand Jag1 was specifically up-regulated in the ectodermal pharyngeal epithelial cells of PA2. By molecular experiments, we demonstrated that Hoxb3 could bind to an upstream genomic site S2 and directly regulate Jag1 expression. In the Hoxb3Tg/+ mutant, elevated expression of Jag1 in the pharyngeal epithelium led to abnormal cellular interaction and deficiency of neural crest cells migrating into PA2. In summary, we showed that Hoxb3 regulates Jag1 expression and proposed a model of pharyngeal epithelium and neural crest interaction during pharyngeal arch development.

Keywords: Hoxb3, JAG1, pharyngeal arch, epibranchial placodes, pharyngeal epithelium, cranial neural crest, craniofacial development


INTRODUCTION

An important phase of mammalian craniofacial development is the formation of the transient pharyngeal arch (PA) structures. These PAs are comprised of an outer surface ectoderm, an inner covering of endoderm, a mesenchymal core, and the cranial neural crest-derived ectomesenchyme. The coordinated development of the different embryonic components give rise to the pharynx, the jaw, the ear and the face. Dysregulation of PA development can lead to many human congenital craniofacial malformations.

The cranial neural crest cells which delaminate from the dorsal region of hindbrain rhombomeres have important structural roles in craniofacial morphogenesis. Neural crest cells originating from different anteroposterior levels of the hindbrain rhombomeres are marked by combinations of Hox genes which specify their identity. Molecular analysis have shown that regulation of Hox expression in the hindbrain rhombomeres and in the neural crest could be independently controlled by separate cis-acting regulatory elements and trans-acting factors (Frasch et al., 1995; Nonchev et al., 1996; Maconochie et al., 1999; Trainor and Krumlauf, 2000). The neural crest cells arising from distinct rhombomere locations are not pre-patterned, but remain plastic, and can respond to signals in the environment they migrate to Trainor and Krumlauf (2000) and Le Douarin et al. (2004). In the PAs, neural crest cells respond to signals from the pharyngeal surface ectoderm and the endoderm in determining their cell fate (Graham et al., 2005). The neural crest cells give rise to cranial ganglia and nerves, muscle and facial bones and cartilages (Frisdal and Trainor, 2014). Defective migration, survival, proliferation, or differentiation of the cranial neural crest cells lead to multiple craniofacial abnormalities (Santagati and Rijli, 2003; Minoux and Rijli, 2010). More importantly, PAs can be formed and their antero-posterior and proximo-distal axes maintained in the absence of neural crest cells, indicating the important roles of pharyngeal epithelium and other cell types during PA development (Veitch et al., 1999; Gavalas et al., 2001; Trainor and Krumlauf, 2001).

The ectodermal pharyngeal epithelium covering the proximal and distal regions of the PAs are developmentally distinct. In the proximal PA region, epibranchial placodal cells not only give rise to neurogenic cranial ganglia, but also non-neuronal epithelial cells which play essential roles in pharyngeal segmentation (Zhang et al., 2017). The invagination of the proximal non-neuronal placode-derived epithelium and the outgrowth of the pharyngeal endoderm form the segmental plates, the contact points of the epithelial layers give rise to the pharyngeal clefts and pouches (Graham and Smith, 2001; Graham, 2003; Kulesa et al., 2010). Defective pharyngeal segmentation as displayed in the Sox3 (Rizzoti and Lovell-Badge, 2007) and Eya1 mutants (Xu et al., 2002; Zhang et al., 2017) would lead to abnormal PA development. Around the pharyngeal clefts, the non-neuronal epibranchial placodal epithelial cells express various signaling factors including Notch and Fgfs that are required for PA morphogenesis (Trokovic et al., 2005; Wang et al., 2020). The roles of the ectodermal pharyngeal epithelium in interacting with neural crest and other cell types in the developing PAs are not well understood.

Notch signaling factors are required for cranial ganglia neurogenesis and craniofacial morphogenesis (Wakeham et al., 1997; Jayasena et al., 2008; Lassiter et al., 2010; Lassiter et al., 2014). Mutations of the Notch ligand JAG1 caused Alagille syndrome with craniofacial defects in human patients (Li et al., 1997; Kamath et al., 2003). Jag1b mutation in zebrafish led to mis-patterning of pharyngeal arch derived skeletons (Barske et al., 2016), while Jag2 mutant mice displayed cleft palate (Vieira et al., 2005; Casey et al., 2006). Neural crest-specific knockout of Jag1 or Notch2 resulted in middle ear bone malformation (Humphreys et al., 2012; Teng et al., 2017). Knockout of Rbpj, a transcriptional cofactor of Notch, in neural crest cells led to shortened mandible formation (Mead and Yutzey, 2012). Deletion of Notch signaling target Hey1 led to deformed pharyngeal arch arteries (Fujita et al., 2016). Interestingly, in Presenilin1/2 null mutant mice which deficient in γ-secretase, the PA2 was absent (Donoviel et al., 1999). The Maml1–/–;Maml3–/– mutant embryos also displayed hypoplastic or even no PA2, indicating that morphogenesis of PA2 is particularly sensitive to Notch signaling activity (Oyama et al., 2011). The underlying cellular and molecular mechanisms for Notch signaling functions in the development of PAs remain elusive. In our previous studies, we showed that Notch1 intracellular domain (N1-ICD) was required in the epibranchial placodal epithelium in the proximal PAs to control cell fate commitment of neuronal and non-neuronal epibranchial placodal cells (Zhang et al., 2017). Moreover, Notch receptor signaling controlled rostral-caudal patterning of the non-neuronal placodal epithelial cells around the pharyngeal clefts, indicating important roles of Notch signaling in epithelial cell fate commitment and differentiation (Wang et al., 2020).

Combinatorial expression of Hox genes in hindbrain rhombomeres, neural crest and pharyngeal surface ectoderm are known to convey positional information in the PAs (Trainor and Krumlauf, 2001; Santagati and Rijli, 2003). Loss-of-function mouse mutant analyses have shown that Hox genes of the first three paralogous groups are required for the development of neural crest derivatives in the pharyngeal region. Mutations of Hoxa genes would lead to neural crest defects and malformation of craniofacial structures. Inactivation of Hoxa2 resulted in homeotic transformation of PA2 components into PA1 (Rijli et al., 1993). Hoxa1 mutation led to deletion of rhombomere 5 and severe reduction of r4, the mutant displayed hypoplasia of PA2 as a result of neural crest deficiency (Chisaka et al., 1992). Hoxa3 mutants showed deformed neural crest derivatives of PA3 including the hyoid and thyroid cartilage (Chojnowski et al., 2016) and endoderm defects (Su et al., 2001; Kameda et al., 2004). Mutations of Hoxb genes led to neurogenic phenotypes. For instance, although double knockout of Hoxa1 and Hoxb1 in mice exacerbated the phenotypes of Hoxa1 mutant and resulted in hypoplasia of PA2 and malformation of middle ear bones (Gavalas et al., 1998), Hoxb1 mutant embryos did not exhibit any defects in neural crest-derived tissues of PA2, but displayed abnormal neuronal identity in hindbrain r4 (Goddard et al., 1996; Studer et al., 1996). Hoxb2 mutant mice displayed retracted lower lip and mild craniofacial features (Barrow and Capecchi, 1996), Hoxb3 null mutant had no craniofacial abnormalities (Manley and Capecchi, 1998). The specific functions of Hox genes in the different cell types of the developing PA are not entirely known.

Insights on the roles of Hox genes in cranial neural crest development have also been obtained by gain-of-function analysis. Cranial neural crest cells rostral to rhombomere 2 do not express Hox genes, and only Hox-free neural crest cells are capable of generating facial skeletal components (Couly et al., 1998; Le Douarin et al., 2004). Gain-of-function experiments by electroporation of Hoxa2 into the Hox-free neural crest domain of chick embryos led to absence of lower jaw and frontonasal structures; defective formation of PA1 derived skeletal structures were also observed in ectopic Hoxa3 and Hoxb4 expression experiments (Creuzet et al., 2002). Heterotopic transplantation experiments with fragments of neural folds have demonstrated that Hox-positive neural crest cells from the posterior region are incapable to replace Hox-free neural crest cells. These studies suggest that cross-talks among Hox genes, neural crest cells and extrinsic signals in the pharyngeal region, including ectodermal and endodermal derived factors, are required for the formation neural crest derived structures (Couly et al., 2002; Creuzet et al., 2002; Le Douarin et al., 2004; Minoux and Rijli, 2010).

We have previously generated a gain-of-function Hoxb3 transgenic mutant Hoxb3Tg and shown that Hoxb3 could transcriptionally suppress Hoxb1 in the hindbrain and maintain anterior-posterior identity of rhombomere 4 and 5 (Wong et al., 2011). Using the Hoxb2-r4 enhancer element (Maconochie et al., 1997; Szeto et al., 2009), we ectopically expressed Hoxb3 to Hoxb2 domains, including hindbrain rhombomere 4 and PA2 in Hoxb3Tg/+, and examined the effect of altering the expression of Hox code in PA development. Although Hoxb3 or Hoxb2 null mutants had no or mild craniofacial defects, the Hoxb3Tg/+ transgenic mutants displayed multiple neural crest-derived abnormalities. We found that ectopic expression of Hoxb3 was restricted to the pharyngeal epithelium in the Hoxb3Tg/+ mutant, allowing the study of interaction between pharyngeal epithelium and migrating neural crest cells. Interestingly, Jag1 was ectopically expressed in the ectodermal epithelium of PA2, in cells which co-expressed Hoxb3. We showed that Hoxb3 could transcriptionally regulate Jag1 expression during PA development. Migration of neural crest cells into the PAs was affected, leading to neural crest deficiency and craniofacial defects at later stages. Our results suggest that Hoxb3 positively regulates the expression of Jag1 in the pharyngeal epithelial cells and affects the colonization and maintenance of neural crest cells in the developing PAs.



MATERIALS AND METHODS


Experimental Animals

The mouse lines used in this study include Hoxb3Tg/+ [Hoxb3Tg2 in Wong et al. (2011)], B2-Cre [Hoxb2-r4-Cre in Szeto et al. (2009)], Wnt1-Cre (Chai et al., 2000), and Z/EG (Novak et al., 2000). The Hoxb3Tg/+ transgenic mice were maintained in FVB genetic background, other mouse lines were maintained in C57BL/6N background. All animals were housed at the Center for Comparative Medicine Research at the University of Hong Kong. The animal experiments were approved by the University of Hong Kong Committee on the Use of Live Animals for Teaching and Research (CULATR No. 4357–17 and 4588–18).



Riboprobe Labeling

Plasmids with target cDNA sequence including Hoxa2 (Nonchev et al., 1996), Hoxb2 (nucleotide 41–1114 of mRNA), Hoxb3 (Wilkinson et al., 1989), Jag1 (Jones et al., 2000) were cloned, linearized (restriction enzymes used were summarized in Table 1) and purified. RNA probes were prepared using 1 μg of purified DNA for reverse transcription and digoxigenin (DIG) labeling (Roche, 11277073910), synthesized RNA probe was precipitated in ethanol, dissolved in DEPC-treated water, and stored at -80°C.


TABLE 1. Enzymes used for riboprobe labeling.
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Whole-Mount RNA in situ Hybridization

Embryos were harvested, fixed in 4% paraformaldehyde (PFA) at 4°C overnight, dehydrated in a series of methanol/PBST (Phosphate-buffered saline with 0.1% Tween-20) solutions and stored in absolute methanol at -20°C. Before in situ hybridization, samples were rehydrated with gradients of PBST series, treated with 1 μg/ml proteinase K, then post-fixed in 4% PFA, 0.2% glutaraldehyde in PBS. Embryos were then incubated with hybridization mix (50% formamide, 1.3x SSC, 50 μm EDTA, 50 μg/ml, 0.2% Tween20, 0.5% CHAPS, and 100 μg/ml heparin) at 65°C for 2 h, then incubated with the DIG-labeled RNA probe in hybridization mix at 65°C overnight. After hybridization, samples were washed with hybridization mix in maleic acid buffer with Tween-20 (MABT), blocked with 10% blocking reagent (Roche, 11096176001) and 20% heat-inactivated horse serum, and then incubated in 1:2000 alkaline phosphatase conjugated anti-DIG antibody (Roche, 11093274910) in the same blocking buffer at 4°C. After washing with MABT for 24 h, embryos were immersed in BM purple (Roche, 11442074001) for color development. Reaction was stopped by washing with PBST and post-fixed in 4% PFA.



Immunostaining and Antibodies

For whole mount immunostaining, E10.5 mouse embryos were harvested and fixed in 4% PFA for 1.5 h, followed by inactivation of endogenous peroxidase in 0.05% peroxide in PBS at 4°C overnight. Embryos were then blocked in PBS-TS (10% heat inactivated serum, 1% Triton X-100 in PBS) for 3 h at 4°C, incubated with 2H3 anti-neurofilament primary antibody (1:100, Developmental Studies Hybridoma Bank) at 4°C for 3 days. Embryos were then incubated with peroxidase-conjugated rabbit anti-mouse secondary antibody (1:200, Dako) and subjected to 4-chloro-1-napthol (Sigma) color development. The reaction was stopped by washes of 30% ethanol.

For section immunostaining, 10 μm thick cryo-sectioned samples were blocked with 10% heat-inactivated horse serum in PBS for 1 h. The sections were then incubated with primary antibodies including GFP [1:500, Rockland Immunochemicals, 600-101-215), Pax8 (1:500, Proteintech, 10336-1-AP), and Jag1 (1:300, Developmental Studies Hybridoma Bank, TS1.15H)] and E-cadherin (1:500, Cell signaling, 24E10) at 4°C overnight. After three washes of PBS, Alexa Fluor 488- or 594-conjugated secondary antibodies (1:500, Life technologies) were applied. DAPI (Sigma-Aldrich, D9542) was used as a counterstain for the nucleus. Sections were washed with PBS then mounted with mounting medium (Vectashield, Vector Laboratories).



Scanning Electron Microscopy

Embryos were fixed in 2.5% glutaraldehyde for 4 h and then in 1% osmium tetroxide for 1 h, dehydrated in graded ethanol and critical-point dried with transition fluid liquid carbon dioxide in a Ladd critical point dryer. Gold-palladium-coated specimens were examined with a JEOL JSM-6301FE scanning electron microscope operated at 5 KV.



Skeletal Preparations

Newborn mice were fixed in 95% ethanol overnight. After skin removal, the whole-mount skeletons were incubated in 0.015% Alcian Blue and 0.005% Alizarin Red stain diluted in 5% acetic acid in 70% ethanol for 1 week (Mcleod, 1980). The preparations were cleared in 20% glycerol, 1% potassium hydroxide, and then transferred to 50% glycerol/ethanol for photography.



Bioinformatics Analysis of Hoxb3 Binding Sites

The matrix of Hoxb3 binding sequence (PH0058.1) was obtained from the JASPAR database. Hoxb3 binding motif was scanned along 100 kb upstream of Jag1 locus using Find Individual Motif Occurrences v5.0.5 (FIMO) with p < 0.0005 as cutoff. The genomic loci were further analyzed for sequence conservation among human, chicken, lizard and Xenopus with PhyloP score higher than 1. Genomic regions were further aligned with open chromatin regions in developing mouse embryo (E11.5) ATAC-seq data with following accession code: ENCSR150RMQ (facial prominence), ENCSR273UFV (forebrain), ENCSR382RUC (midbrain), ENCSR012YAB (hindbrain), and ENCSR282YTE (neural tube).



P19 Cell Culture

P19 mouse embryonal carcinoma cells were cultured on gelatin-coated (0.1%) tissue culture dishes in Dulbecco’s Modified Eagle Medium (DMEM) medium (Gibco) supplemented with 10% FBS. Retinoic acid (RA) treatment (10–8 M) of P19 cells for activation of hindbrain Hox genes expression were performed as previously described (Okada et al., 2004; Wong et al., 2011). Using 10–8 M RA, expression of anterior Hox genes including Hoxb3 would be activated endogenously.



Quantitative Real-Time PCR

Total RNA samples were extracted according to TRIzol manufacturer’s protocol from RA treated and control P19 cells. cDNA samples were generated from total extracted RNA using Superscript III (ThermoFisher) and polymerase chain reaction (PCR) performed with SYBR Green Premix Ex Taq II (TaKaRa) using the StepOnePlus Real-Time PCR system. Primers for Hoxb3: forward: 5′-GCAGA AAGCC ACCTA CTACG-3′, reverse: 5′-CCATT GAGCT CCTTG CTCTT-3′; for Jag1: forward: 5′-AACAC AGGGA TTGCC CACTT-3′, reverse: 5′-TGTTG CAATC AGGAC CCATC-3′; for Gapdh: forward: 5′-TTCAC CACCA TGGAG AAGGC-3′; reverse: 5′-GGCAT GGACT GTGGT CATGA-3′. Relative expression of Hoxb3 and Jag1 were normalized with Gapdh expression. All the experiments were performed in triplicates.



Chromatin Immunoprecipitation Assay

Chromatin immunoprecipitation (ChIP) assay (Hu and Rosenblum, 2005) was performed with the following modifications. For RA-treated P19 cells, 1 × 106 cells were harvested for each assay. For in vivo ChIP, 4 litters of E9.5 wildtype whole embryos were harvested in PBS, fixed in 1% formaldehyde for 20 min at 25°C, and then disintegrated with RIPA buffer. The cross-linked material was sonicated to 200–1,000 bp fragments (Vibracell sonicator; seven times for 10 s at 40% output), anti-Hoxb3 antibody (Santa Cruz, C-20, and sc-17169) or normal rabbit IgG were then used to pull down the chromatin. PCR amplifications were performed using the following primers: for S1: forward: 5′-AGTCA TCGTC TGCTG CCTTT-3′, reverse: 5′-GCAAC GAATT CATTC AGCAA-3′; for S2: forward: 5′-TTTTA GCCCC TGCTT GCTTA-3′, reverse: 5′-TTGGA GAACA GCCCT CATTT-3′; for S3: forward: 5′-CCTAA CCCCT TTCCC ATCAT-3′, reverse: 5′-TTCTT GTTTG GGCTT GCTCT-3′; for B3ARE: forward: 5′-GTAGG TGTGT GGGCA GAGGT-3′, and reverse: 5′-CTGAG TGGAG GATGG GTTGT-3′. The experiments were performed with 3 biological replicates and 3 technical replicates.



In vitro and ex vivo Luciferase Activity Assays

For the in vitro transactivation experiments, pCIG-Hoxb3 cDNA (Yau et al., 2002) or pCIG control expression vector was co-electroporated with Firefly and Renilla luciferase reporters into human embryonic kidney cells 293T. The luciferase reporter constructs were pGL3-Jag1-S2 which contained a 400 bp fragment (Jag1 genomic DNA, mm10 chr2: 136979005-136979405) on the Jag1 locus with the Hoxb3 binding site S2 CTGTAATTAACT, or pGL3-Jag1-mS2 which contained a mutated Hoxb3 binding site mS2 CTGGCCGGCACT, or pGL3 control luciferase vector. After 24 h, the cells were processed for luciferase assay as previously described (Dessaud et al., 2007; Wong et al., 2011). Briefly, cells were homogenized in lysis buffer on ice, Firefly and Renilla luciferase activities were measured with the Dual Luciferase Reporter Assay System (Promega).

For the ex vivo luciferase activity assay, pCIG-Hoxb3 cDNA or pCIG control vector, together with pGL3-Jag1-S2, pGL3-Jag1-mS2, or control luciferase reporter construct, and Renilla luciferase reporter, were electroporated into the hindbrain region of E9.0 mouse embryos. After cultured for 24 h, the pharyngeal portion (Figure 4D) of the embryos were homogenized in lysis buffer on ice, Firefly and Renilla luciferase activities were measured as above.

All the experiments were performed with 3 biological replicates and 3 technical replicates.



Statistical Test

Statistical comparison of two groups was performed by Student’s t-test, where n number represented biological replicates using the same experimental condition. Error bars indicated standard error of the mean (SEM).



RESULTS


Expression of Hox Genes in Pharyngeal Ectoderm and Epibranchial Placodal Cells

The expression of Hox genes in the developing PAs have been well characterized. However, the expression and function of Hox genes in the pharyngeal surface ectoderm and the epibranchial placodal epithelium of the pharyngeal arches are not well understood. We showed that Hoxa2 and Hoxb2 were both expressed in PA2, PA3 and posterior PAs, and Hoxb3 was expressed in PA3 and posterior PAs at E9.5 (Figures 1A,C,E). Interestingly, coronal sections at the level of proximal pharyngeal arches (refer to Figure 1N) of embryos hybridized with Hoxa2 and Hoxb2 probes revealed differential expression of these two genes in PA2. Hoxa2 was expressed strongly in the neural crest derived ectomesenchyme but hardly detectable in the epibranchial placodal epithelium covering PA2 (Figures 1B,B’), although it was expressed in placodal epithelium and neural crest cells of posterior PAs. On the contrary, Hoxb2 was distinctly expressed in the epibranchial placodal epithelium of PA2 and posterior PAs (Figure 1D), while expressed at lower levels in the neural crest cells of these PAs (Figure 1D). Hoxb3 was strongly expressed in the pharyngeal surface ectoderm (Figure 1E), epibranchial placodal epithelium and neural crest cells of PA3 and posterior PAs (Figure 1F).
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FIGURE 1. Expression of Hox genes in pharyngeal arches of wildtype and Hoxb3Tg/+ embryos. (A–H) Wholemount in situ hybridization and coronal sections showing expression of Hoxa2, Hoxb2, and Hoxb3 in wildtype and mutant E9.5 embryos (n = 3). An enlarged image in (B’) showing the absence of Hoxa2 expression in the epithelium covering PA2. Arrowheads in (G,H) indicate ectopic expression of Hoxb3 in the pharyngeal epithelium of PA1 and PA2. (I) Schematic summary of Hox gene expression in the pharyngeal ectoderm, epibranchial placodal region, and neural crest cells of E9.5 wildtype and Hoxb3Tg/+ embryos. (J,K) Wholemount GFP autofluorescence (J) and co-immunostaining of GFP (K) and Pax8 (K’) in coronal section of E8.5 B2-Cre;Z/EG embryos (n = 3). (L,M) Wholemount GFP autofluorescence (L) and immunostaining of GFP in coronal section (M) of E9.5 B2-Cre; Z/EG embryos (n = 3). (N) Schematic diagram illustrating the plane of embryo sections for the indicated panels in this figure. PA1, PA2, and PA3 indicate the 1st, 2nd, and 3rd pharyngeal arches. Scale bars: 100 μm.


We have previously demonstrated that in the developing PAs, the proximal pharyngeal epithelium was derived from the posterior placodal area and overlap with the epibranchial placodal cells (Figure 1I, red dotted line; Zhang et al., 2017; Wang et al., 2020), while the distal PAs were enveloped by pharyngeal ectodermal epithelium. Therefore, the proximal and distal pharyngeal epithelium were composed of developmentally distinct epithelial cells. The Hox genes delineate the antero-posterior identity of the pharyngeal arches, including the neural crest cells delaminated from specific hindbrain rhombomeres. Neural crest cells in PA2 expressed Hoxa2 and Hoxb2, while those in PA3 and posterior PAs expressed Hoxb3 in addition to Hoxa2 and Hoxb2. However, for the pharyngeal epithelium, we showed that Hoxb2 marked PA2 (Figures 1D,I) and Hoxb3 marked PA3 (Figures 1F,I). The distinct expression patterns of Hox genes in both the proximal and distal pharyngeal epithelium of specific PAs suggest a role of these genes in maintaining the functions of epibranchial placodal cells in the proximal regions.



Ectopic Expression of Hoxb3 in PA2 of Hoxb3Tg/+ Transgenic Mutants

To investigate the role of the combinatorial Hox code in PA development as well as to understand the potential interactions between placodal cells and underlying neural crest cells, we investigated the Hoxb3Tg/+ gain-of-function transgenic mutant generated with the Hoxb2-r4 enhancer (Wong et al., 2011). The Hoxb2-r4 enhancer could direct reporter gene expression in hindbrain rhombomere 4 and PA2 (Maconochie et al., 1997; Ferretti et al., 2000). We analyzed the enhancer activity in the pharyngeal epithelium using the B2-Cre [Hoxb2-r4-Cre; (Szeto et al., 2009)] mouse line. Wholemount B2-Cre;Z/EG embryos showed expression of the GFP reporter in the pharyngeal region at E8.5 (Figure 1J), and in PA2 at E9.5 (Figure 1L). By immunostaining with Pax8, one of the earliest markers of the posterior placodal area (Schlosser and Ahrens, 2004; Washausen and Knabe, 2017), on coronal sections of E8.5 embryo, we showed that GFP + cells also expressed Pax8 (Figures 1K,K’), confirming the enhancer activity in the placodal epithelial cells. Coronal sections of E9.5 embryos showed B2-Cre activity in the proximal placodal epithelium and pharyngeal ectodermal region from second to posterior arches, as well as the neural crest cells in PA2 and PA3 (Figures 1L,M).

In the Hoxb3Tg/+ mutant, driven by the Hoxb2-r4 enhancer element, ectopic Hoxb3 was expressed not only in the entire proximal and distal PA2, but also in posterior region of PA1 (Figures 1G,H). Coronal sections of Hoxb3Tg/+ embryos showed that ectopic expression of Hoxb3 was restricted to the pharyngeal epithelium of posterior PA1 and PA2 (Figure 1H), no expression could be observed in the neural crest cells of PA2. Therefore, in the Hoxb3Tg/+ mutant, we have ectopically expressed Hoxb3 specifically in the pharyngeal epithelium of PA2 and posterior PA1, providing a gain-of-function genetic condition for analysis of epithelial cell function during PA development.



Ectopic Expression of Jag1 in PA2 Epithelium of Hoxb3Tg/+ Mutant

To investigate the consequences of ectopic expression of Hoxb3 in pharyngeal arch patterning, we examined the expression of genes in the distal PAs including dHAND which marked the medial regions (Figure 2A), Gsc which marked the ventral aspects (Figure 2C), and Dlx5 which marked the lateral regions (Figure 2E) of PA1 and PA2 in E10.5 embryos. However, the regional specific expression patterns of dHAND, Gsc, and Dlx3 were not changed in the Hoxb3Tg/+ mutants (Figures 2B,D,F), indicating the patterning of distal PAs remained unaffected with the ectopic expression of Hoxb3.
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FIGURE 2. Pharyngeal arch patterning and ectopic expression of Jag1 in the Hoxb3Tg/+ mutants. (A–F) Wholemount in situ hybridization showing expression of dHAND, Gsc, and Dlx5 in wildtype and Hoxb3Tg/+ embryos at E10.5 (n > 3). (G,H) Wholemount in situ hybridization of Jag1 showing ectopic expression in PA1 and PA2 (arrowheads) of E9.5 Hoxb3Tg/+ embryos (n = 4). (I,J) Coronal sections of embryos subjected to wholemount in situ hybridization of Jag1 showing ectopic expression in the ectodermal epithelium of PA1 and PA2 (arrowheads) in Hoxb3Tg/+ embryos (n = 3). (K,L) Immunostaining for Jag1 (red) and E-cadherin (green) on coronal sections of E9.5 wildtype and Hoxb3Tg/+ embryos (n = 5). (M–P) Wholemount in situ hybridization of Fgf3 and Fgf8 on E9.5 wildtype and Hoxb3Tg/+ embryos (n > 3). PA1, PA2, and PA3 indicate the 1st, 2nd, and 3rd pharyngeal arches. Scale bars: 100 μm.


As Notch signaling has been shown to be critical for the development of epibranchial placodal epithelium and proximal PAs (Zhang et al., 2017; Wang et al., 2020), we examined Jag1 which was expressed in the proximal pharyngeal epithelium of developing PAs and restricted to the pharyngeal clefts and pouches as the segmental plates were formed at E9.5 (Figures 2G,I,K). Interestingly, we found that the expression of Jag1 was ectopically activated in the entire pharyngeal ectodermal region of PA2 and posterior PA1 in the Hoxb3Tg/+ mutants at E9.5 (Figures 2H,J). The expression of Jag1 in the epibranchial placodal epithelium of PA1 and PA2 as shown in coronal section of Hoxb3Tg/+ mutant (Figure 2J) was remarkably similar to the ectopic Hoxb3 expression domains (Figure 1H). By immunostaining we could detect Jag1 protein in the pharyngeal epithelium of PA2 of Hoxb3Tg/+ mutant (Figure 2L), suggesting that ectopic expression of Hoxb3 in the pharyngeal epithelium in PA2 could activate Jag1 protein expression in PA2.

We have previously shown that over-expression of the Notch receptor protein N1-ICD in the epibranchial placodal epithelium would lead to misexpression of Fgf ligands and cell fate changes (Wang et al., 2020). Therefore, we examined the expression of Fgf3 and Fgf8, which marked placodal epithelial cells flanking the pharyngeal clefts (Figures 2M,O). However, we found that ectopic expression of the Notch ligand Jag1 did not cause changes of Fgf3 or Fgf8 expression in Hoxb3Tg/+ mutants (Figures 2N,P), suggesting that the pharyngeal epithelial cell fates were not affected.



Malformations of Neural Crest Derived Structures in the Hoxb3Tg Mutants

We first examined the phenotypes of the Hoxb3Tg mutant PAs by scanning electron microscopy. Although the pharyngeal arch phenotypes of the mutant were mild, it was evident that the PA2 was smaller in Hoxb3Tg/+ and significantly reduced in size in the Hoxb3Tg/Tg at E10.5 (Figures 3A–C). To investigate the neural components in the pharyngeal region, wholemount immunohistochemistry was performed using 2H3 anti-neurofilament antibody. In the Hoxb3Tg/+ mutants, the vestibulocochlear nerve (VIIIn), the superficial petrosal nerve (spn), and the chorda tympanic nerve (ct) were absent (Figures 3D,E,G,H). In the Hoxb3Tg/Tg mutants, there was abnormal fusion between the trigeminal ganglion (V) and the facial acoustic ganglia (VII; Figures 3F,I).
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FIGURE 3. Hypoplastic PA2 and defective neural crest development in Hoxb3Tg mutants. (A–C) Scanning electron microscopy of E10.5 wildtype, Hoxb3Tg/+ and Hoxb3Tg/Tg embryos (n = 3). (D–I) Neurofilament antibody (2H3) staining showing cranial nerve defects in wildtype and Hoxb3Tg mutants at E10.5 (n > 3). (G–I) are enlargements of pharyngeal regions showing abnormal facial nerve branching in Hoxb3Tg/+ and nerve fusion in Hoxb3Tg/Tg (indicated with asterisk). V/Vn, trigeminal nerve; VII/VIIn, facial nerve; VIIIn, vestibuloaoustic nerve; spn, superficial petrosal nerve; and ct, chorda tympani nerve. (J–R) Skeletal preparations showing defective PA1 and PA2 neural crest cell derived structures in the Hoxb3Tg mutants (n > 5). (J–L) Skeletal preparations showing defective mandibles of Hoxb3Tg mutants. Absence of condylar process indicated with asterisks. (M–O) Defective squamous bones in Hoxb3Tg mutants. Abnormal retrotympanic process indicated with asterisks. anp, angular process, cdp and cnp, condylar and coronoid processes of mandible; cps, caudal process of squamous; rps, retrotympanic process of squamous; zps, zygomatic process of squamous; and g, gonial. (P–R) Defective middle ear bones, inner ear otic capsules and associated elements in Hoxb3Tg mutants. c, cochlea; i, incus; m, malleus; s, stapes; sp, styloid process; ssc, semi-circular canals; and tr, tympanic ring. (S–U) Skeletal preparations showing mild defects in the hyoid cartilage of Hoxb3Tg/Tg mutants. *indicates the greater horn. (V–AA) Wholemount GFP autofluorescence of Wnt1-Cre;Z/EG;Hoxb3Tg compound mutant embryos showing abnormal distribution of GFP-positive neural crest cells (asterisks) to PA2 in E9.0 and E9.5 Hoxb3Tg/+ and Hoxb3Tg/Tg embryos. PA1 and PA2 indicate the 1st and 2nd pharyngeal arches (n > 3). Scale bars: A-I and V-AA, 100 μm; J-U, 1,000 μm.


To examine the phenotypes of neural crest derived skeletal components, neonates were examined by skeletal staining. Among the PA1 derived structures, the mandible was reduced in length and poorly ossified and the coronoid process was absent in both Hoxb3Tg/+ and Hoxb3Tg/Tg mutants. The condylar process was present in the Hoxb3Tg/+ embryos, but missing in the Hoxb3Tg/Tg embryos (Figures 3J–L). The maxillary arch derived squamous bone was slightly affected with a duplication found in the retrotympanic process in the Hoxb3Tg/+ embryos (Figures 3M,N). The squamous bone was more severely affected in the Hoxb3Tg/Tg mutants (Figure 3O). Among the PA1 derived middle ear structures, the malleus and incus were hypoplastic in the Hoxb3Tg/+ embryos (Figures 3P,Q), and absent in the Hoxb3Tg/Tg mutants (Figure 3R). The otic capsule and tympanic ring were hypoplastic in the Hoxb3Tg/Tg mutants (Figure 3R). For the PA2 derived skeletal elements, the styloid process was slightly truncated in Hoxb3Tg/+, while both the stapes and styloid process were severely reduced in the Hoxb3Tg/Tg mutants (Figures 3Q,R). The hyoid cartilage appeared normal in Hoxb3Tg/+, the morphology of the greater horn of the hyoid cartilage was mildly affected in the Hoxb3Tg/Tg mutants (Figures 3S–U). Taken together, we showed that the development of both PA1 and PA2 neural crest derived skeletal structures were affected in the Hoxb3Tg transgenic mutants.



Deficient Neural Crest Cell Migration Into PA2 of Hoxb3Tg Mutant

We hypothesized that the hypoplastic PA2 and abnormal neural crest derived structures in the Hoxb3Tg mutants could be due to neural crest cell deficiencies. By using the Wnt1-cre;Z/EG mice as neural crest cell lineage marker, we generated compound mutants and traced the migrating neural crest cells at E9.0 and E9.5. We observed consistently fewer neural crest cells migrating to PA2 of the Hoxb3Tg/+, and significantly few cells entering PA2 of the Hoxb3Tg/Tg mutants at E9.0 and E9.5 (Figures 3V–AA). Therefore, the multiple neural and skeletal phenotypes observed in the mutant pharyngeal regions were likely due to insufficient neural crest cells populating PA2.



Hoxb3 Activates the Expression of Jag1 by Direct Binding to Specific Genomic Sites

To investigate the possibility that Hoxb3 may directly activate Jag1 expression by binding to genomic regulatory elements, we performed bioinformatics analyses to identify possible Hoxb3 binding sites around the Jag1 gene. Using the consensus Hoxb3 binding matrix from JASPAR database, we searched the conserved regions within 100 kb upstream of Jag1 among six vertebrate species including mouse, human, chicken, lizard, Xenopus, and zebrafish. Furthermore, by comparing the open chromatin regions upstream of Jag1 from several E11.5 mouse tissues, we identified three potential regulatory sites, named S1, S2, and S3. The S1 and S2 sites were located upstream of Jag1 gene (mm10 chr2:137190579-137190732; chr2:137153318-137153475), the S3 site was in the intron between Exon2 and Exon3 of Jag1 (mm10 chr2:137110522-137110680; Figure 4A).
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FIGURE 4. Hoxb3 regulates Jag1 expression by binding to cis-regulatory region S2. (A) Genome browser tracks showing mouse Jag1 locus including 100 Kb upstream genomic region. Alignment of genomic regions of human, chicken, lizard and xenopus revealed conserved regions and identification of potential Hoxb3 binding regions S1, S2, and S3 (highlighted in red). ATAC-seq tracks from ENCODE database of multiple E11.5 mouse embryo tissues showed an open chromatin region (S2) 40 kb upstream of Jag1 transcription start site. (B) In vitro and in vivo chromatin immunoprecipitation (ChIP) analyses using RA treated P19 cells and mouse embryos. qRT-PCR analysis of P19 cells showed elevated expression of Hoxb3 and Jag1 after RA treatment. ChIP qRT-PCR analysis showed that Hoxb3 could bind to S2 site of Jag1, but not S1 or S3 sites. Hoxb3 could also bind to the B3ARE site, an autoregulatory element which served as a positive control. ChIP qRT-PCR analysis using E9.5 embryos also showed that Hoxb3 could bind to the S2 site and the positive control B3ARE site. (C) In vitro luciferase reporter assay using 293T cells. Expression of Hoxb3 could activate luciferase activity when co-transfected with Jag1-S2 reporter, the activity was much lower when co-transfected with Jag1-mS2 reporter containing mutated S2 site. (D) Ex vivo luciferase reporter assay using E9.0 mouse embryos. Co-electroporation of Hoxb3 expression vector with Jag1-S2 or Jag1-mS2 luciferase reporter showed that Hoxb3 could elevate luciferase activity via the normal S2 site. Data in (B–D) are shown as mean ± SE (n = 3 biological replicates). *P < 0.05, **P < 0.01, and ***P < 0.001.


To test whether Hoxb3 can directly bind to the three identified binding sites around Jag1 gene, we performed in vitro and in vivo chromatin immunoprecipitation assays using P19 cells and mouse embryos. We treated P19 cells with RA to activate the endogenous expression of Hoxb3. The Quantitative real-time PCR (qRT-PCR) results showed that the expression of Hoxb3 and Jag1 were significantly increased after RA treatment (Figure 4B). Chromatin fragments from RA treated P19 cells were immunoprecipitated with a Hoxb3 antibody (Supplementary Figure 1). Several sets of primers were used to detect potential binding to the S1, S2, and S3 sites. A known Hoxb3 binding site, B3ARE in the auto-regulatory element (Yau et al., 2002; Wong et al., 2011), was used as a positive control. The qRT-PCR results of ChIP assays showed that Hoxb3 antibody could immunoprecipitate the B3ARE and S2 sites but not S1 or S3 sites. We further performed in vivo ChIP assays using wildtype E9.5 embryos. The entire embryos were lysed and the chromatin fragments were immunoprecipitated with IgG and Hoxb3 antibodies. The PCR results showed that endogenous Hoxb3 protein could form complex with chromatin fragments containing the S2 binding site (Figure 4B). To further investigate whether Hoxb3 could positively regulate the expression of Jag1 through binding to the S2 site, we performed luciferase assay on human embryonic kidney cells 293T. Luciferase activity was significantly increased in the presence of Hoxb3, but no activation could be observed when Jag-S2 site was mutated (Figure 4C). To further investigate whether Hoxb3 could positively regulate the expression of Jag1 through binding to the S2 site, we performed mouse ex vivo electroporation experiment (Figure 4D). Co-expression of the luciferase reporter containing S2 binding site of Jag1 (Jag1-S2) and Hoxb3 expression vector, luciferase activity could be detected in the embryo lysates. Without Hoxb3, luciferase activity was significantly reduced. However, with the S2 site mutated in the Jag1 luciferase reporter (Jag1-mS2), electroporation of Hoxb3 expression vector could not increase the luciferase activity.

In conclusion, by molecular studies we demonstrated that endogenous Hoxb3 protein could directly activate the expression of Jag1 through specific binding to the S2 regulatory site. This study revealed a novel regulatory mechanism for Jag1 gene expression. During normal development, cell type-specific expression of Jag1 could be regulated by Hoxb3.



DISCUSSION

The roles of Hox genes in providing positional information in axial development have long been established. In the pharyngeal region, combinatorial Hox expression defines the positional identify of the hindbrain rhombomeres and associated neural crest cells. It has been suggested that the surface ectoderm also expresses combinatorial Hox genes, presenting segmentally patterned “ectomeres” where the ectodermal epithelium is regionally specified and associated with the Hox-patterned pharyngeal arches (Couly and Le Douarin, 1990; Hunt et al., 1991). However, the antero-posterior segmental specific functions of the ectodermal pharyngeal epithelium in the PAs remain elusive. The pharyngeal epithelium is important for providing environment cues for cranial neural crest cell homing, survival and differentiation. Our gain-of-function Hoxb3Tg mutant analysis here suggests that the cross-talk of Hox genes with molecular signaling in the pharyngeal epithelium is required for interaction and maintenance of neural crest cells during PA development.


Expression of Hox Genes and Neural Crest Defects in Hoxb3Tg Mutant PAs

In the Hoxb3Tg mutant, we have previously shown that hindbrain neurogenesis defect was observed as a result of the loss of Hoxb1 expression in hindbrain r4 (Wong et al., 2011). However, here we found that the generation, delamination and migration of r4-derived neural crest was not affected, except that the population of neural crest cells entering the mutant PA2 were reduced (Figures 3W,X,Z,AA). The expression patterns of Hoxa1, Hoxa2, and Hoxb1 in the PAs were not changed in the Hoxb3Tg/+ mutant (Supplementary Figure 2). Therefore, in the Hoxb3Tg/+ mutant, normal combinatorial Hox genes were expressed in the neural crest cells. The dorso-ventral patterning of PAs also remained unaffected in the mutant (Figures 3A–F). The specific changes in the Hoxb3Tg/+ mutant were with the surface ectoderm, the entire proximal-distal pharyngeal epithelium of PA2 and posterior PA1 were the only cells expressing Hoxb3 ectopically. Although PA1 is normally a Hox-free zone, and the enhancer activity of the Hoxb2-r4 element used to drive ectopic gene expression is expected to cover PA2 only (Figures 1L,M), as a result of transgene insertion activity, ectopic Hoxb3 expression was unexpectedly also found in PA1 epithelium. The ectopic expression patterns of Hoxb3 would explain that neural crest structures derived from both PA1 and PA2 were affected in the Hoxb3Tg mutants. The malformations could be a direct effect of ectopic Hoxb3 expression in the ectodermal pharyngeal epithelium, or through other signaling molecules including Jag1 as discussed below.

In the heterozygous Hoxb3Tg/+ transgenic mutant, the PA phenotypes were mild, but the hypoplasia of PA2 and craniofacial malformations were more evident in the homozygous Hoxb3Tg/Tg with a higher dosage of the transgene. The fusion of the trigeminal and facioacoustic ganglia observed in Hoxb3Tg/Tg suggests that there might be mixing or mis-routing of neural crest cells. As visualized by Wnt1-Cre;Z/EG lineage tracing experiments, in E9.0 Hoxb3Tg/Tg mutant embryo the neural crest cells appeared aggregated around the proximal PA1 and PA2 region (Figure 3X). As many of the neural crest cells did not reach PA2, a deficiency of neural crest cells would explain the pharyngeal skeletal phenotype in the Hoxb3Tg mutants.



Hoxb3 Directly Regulates Jag1 Expression

To address how ectopic Hoxb3 expression in the pharyngeal epithelium could affect interaction with neural crest cells, we examined the Notch signaling ligand Jag1 and found that Hoxb3 could directly regulate Jag1 expression. Jag1 is required for craniofacial morphogenesis and other developmental processes (Xue et al., 1999; Humphreys et al., 2012), but the spatial-temporal regulation of Jag1 expression during development is unclear. By bioinformatics analyses, we identified several Hoxb3 binding sites in the highly conserved genomic regions around Jag1 gene. Using in vivo ChIP assays and in vitro/ex vivo luciferase reporter assays, we demonstrated that Hoxb3 could directly bind to the S2 site and trans-activate gene expression. From ENCODE databases, many other transcription factors binding sites could be identified around S2, indicating that this 40 Kb upstream genomic region could be a cis-regulatory enhancer element for activating Jag1 expression. In the Hoxb3Tg gain-of-function mutant, we showed that Jag1 expression could be specifically activated by ectopic Hoxb3 expression in the pharyngeal epithelium of PA1 and PA2 (Figure 2J). It is possible that during normal craniofacial development, Hoxb3 is also required to maintain Jag1 expression in the posterior pharyngeal arches and clefts to coordinate with the pharyngeal segmentation process.

The expression of Jag1 has been reported to be activated by other Hox3 genes. In hemogenic endothelium, overexpression of Hoxa3 could activate the expression of Jag1 (Sanghez et al., 2017). In HEL and K563 cells, overexpression of Hoxd3 also led to elevated Jag1 expression. Moreover, the expression level of Jag1 was dependent on transfected Hoxd3 expression (Taniguchi et al., 2001). These studies confirmed that the Hox3 genes could regulate Jag1 expression and Notch signaling in broader developmental contexts.



The Role of Jag1 in PA Development

Recent studies of the proximal PA and epibranchial placode suggest that pharyngeal segments are gateways for neural crest cell migration into the PAs. Entering between the pharyngeal clefts, the neural crest cells populate the PAs distally, where subsequent morphogenetic events take place. For example, Sox3 knockout mice with defective epibranchial placodal cells in the proximal pharyngeal epithelium displayed mis-migration of neural crest cells into the PAs and resulted in cranial skeletal defects (Rizzoti and Lovell-Badge, 2007). On the other hand, in the Eya1 mutant which failed to maintain the epibranchial placodal cells, defective neural crest-derived maxilla and mandible were observed (Xu et al., 1999; Zhang et al., 2017). Importantly, both Sox3 and Eya1 are not expressed in neural crest but in the epibranchial placodal cells, indicating a non-cell autonomous role of epibranchial placodal epithelium in controlling the migration of neural crest cells to the PAs. In the Hoxb3Tg/+ mutants described in this study, ectopic expression of Hoxb3 and Jag1 were found only in the pharyngeal epithelium, the neural crest-derived skeletal defects could be the consequence of misexpression of Hoxb3 in the epibranchial placodal cells in the proximal PA.

We have previously shown that Jag1 is initially broadly expressed in the proximal pharyngeal region in the epibranchial placodal cells at early stage (E8.5), but its expression is down-regulated in PA epithelium and became restricted to the pharyngeal clefts at around E9.5 (Zhang et al., 2017). While the functional role of Jag1 in pharyngeal segmentation is not known, it appears that Jag1 expressing regions serve as boundaries for neural crest cell migration. In the Hoxb3Tg/+ mutant, persisted expression of Jag1 in the proximal pharyngeal epithelium of PA2 could inhibit the colonization of neural crest cells into the arch (Figure 5), leading to the craniofacial abnormalities. Our genetic study has revealed the importance of the pharyngeal epithelial cells in interacting with cranial neural crest for proper craniofacial development.


[image: image]

FIGURE 5. Hoxb3 regulate Jag1 expression and affect pharyngeal epithelium and neural crest interactions. Schematic diagram showing expression of Hoxb3 and Jag1 in epibranchial placodal epithelial cells of wildtype and Hoxb3Tg mutant. In wildtype embryos, Jag1 expression is restricted to the pharyngeal clefts which function as boundaries for neural crest migration into the pharyngeal arches. In the Hoxb3Tg mutant, ectopic Hoxb3 expressed in the epibranchial placodal epithelium of PA2 could activate Jag1 expression directly. Elevated Jag1 expression is incompatible with neural crest migration into the pharyngeal arch. As a result, deficiency of neural crest colonization into PA2 led to abnormal development of multiple neural crest derivatives in the pharyngeal region of the Hoxb3Tg mutant. PA1, PA2, and PA3 indicate the 1st, 2nd, and 3rd pharyngeal arches; c1 and c2 indicate the 1st and 2nd pharyngeal clefts.
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Canonical Wnt signaling plays an essential role in proper craniofacial morphogenesis, at least partially due to regulation of various aspects of cranial neural crest development. In an effort to gain insight into the etiology of craniofacial abnormalities resulting from Wnt signaling and/or cranial neural crest dysfunction, we sought to identify Wnt-responsive targets during chick cranial neural crest development. To this end, we leveraged overexpression of a canonical Wnt antagonist, Draxin, in conjunction with RNA-sequencing of cranial neural crest cells that have just activated their epithelial–mesenchymal transition (EMT) program. Through differential expression analysis, gene list functional annotation, hybridization chain reaction (HCR), and quantitative reverse transcription polymerase chain reaction (RT-qPCR), we validated a novel downstream target of canonical Wnt signaling in cranial neural crest – RHOB – and identified possible signaling pathway crosstalk underlying cranial neural crest migration. The results reveal novel putative targets of canonical Wnt signaling during cranial neural crest EMT and highlight important intersections across signaling pathways involved in craniofacial development.
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INTRODUCTION

The neural crest is a multipotent stem cell population in the vertebrate embryo that undergoes coordinated induction, specification, and epithelial–mesenchymal transition (EMT) events to migrate and ultimately differentiate into a wide range of cell types. The migratory pathways and derivatives formed by the neural crest are regionalized according to their axial level of origin, such that cells from a given axial level give rise to a characteristic array of progeny and follow distinct pathways from those arising at other axial levels (Gandhi and Bronner, 2018). The most anterior “cranial” neural crest population underlies much of the development of the face (Cordero et al., 2011), and is the only neural crest population in vivo with the ability to differentiate into facial skeleton, contributing to the upper and lower jaw, and bones of the neck (Noden, 1975; Le Douarin, 1982; Simoes-Costa and Bronner, 2015). Importantly, perturbation of various stages of cranial neural crest development results in a myriad of craniofacial malformations (Vega-Lopez et al., 2018).

Many facets of cranial neural crest development are regulated by Wnt signaling (Wu et al., 2003; Yanfeng et al., 2003; Steventon et al., 2009; Milet and Monsoro-Burq, 2012; Simoes-Costa et al., 2015; Rabadán et al., 2016; Hutchins and Bronner, 2018, 2019; Gandhi et al., 2020). Furthermore, Wnt signaling is critical for normal facial patterning; mutations in Wnt pathway components or dysregulation of canonical Wnt signaling output result in defects in craniofacial morphogenesis (Huelsken et al., 2000; Chiquet et al., 2008; Reid et al., 2011; He and Chen, 2012; Kurosaka et al., 2014). Thus, identification of canonical Wnt targets during cranial neural crest development would greatly enhance understanding the etiology of craniofacial abnormalities resulting from Wnt signaling or cranial neural crest dysfunction.

Here, we took advantage of a canonical Wnt signaling inhibitor, Draxin, to identify Wnt-responsive targets during chick cranial neural crest development. As Draxin overexpression impedes cranial neural crest EMT in a β-catenin-dependent mechanism (Hutchins and Bronner, 2018, 2019), here we utilize Draxin overexpression together with RNA-sequencing (RNA-seq) on sorted populations of cranial neural crest cells to identify novel downstream targets of canonical Wnt signaling during cranial neural crest EMT.



MATERIALS AND METHODS


Embryo Electroporation and Expression Constructs

Electroporations were performed at Hamburger-Hamilton stage HH4 (Hamburger and Hamilton, 1951), using commercially available fertile chicken (Gallus gallus) eggs (Sunstate Ranch, Sylmar, CA, United States), as previously described (Hutchins and Bronner, 2018). The cranial neural crest-specific enhancer NC1.1m3:GFP (Simoes-Costa et al., 2012), Draxin overexpression (Hutchins and Bronner, 2018), BRE::GFP BMP reporter (Le Dreau et al., 2012), NC1-Δ90βcat canonical Wnt signaling activation (Hutchins and Bronner, 2018), and control expression (Betancur et al., 2010b) constructs were described previously.



Tissue Dissociation and FACS

Following electroporation, embryos were incubated at 37°C until HH9+. We then dissected embryonic heads anterior to the otic vesicle in Ringer’s solution, washed tissue with sterile PBS (Corning cellgro #21-031-CV), then incubated tissue in Accumax (Innovative Cell Technologies, Inc. #AM-105) at 37°C for 15 min, with trituration every 5 min. Following dissociation, cells were washed with Hanks’ Balanced Salt Solution (Thermo Fisher Scientific #88284), filtered through a 20 μM nylon net mesh filter (Millipore Product #NY2004700), and resuspended in Hanks’ supplemented with 0.25% bovine serum albumin and 5% RQ1 DNase (Promega #M6101). GFP + cells were then collected using fluorescence activated cell sorting (FACS) at the Caltech Flow Cytometry Cell Sorting Facility.



Library Preparation and Sequencing

We used 1500 GFP+ cranial neural crest cells per replicate to prepare libraries. cDNA libraries were prepared using the Takara Bio SMART-Seq v4 Ultra Low Input cDNA kit, according to manufacturer instructions. RNA-Seq was performed at the Caltech Millard and Muriel Jacobs Genetics and Genomics Laboratory at 35 million reads on two biological replicates for both the control cranial and Draxin overexpression cranial neural crest cells. Sequencing libraries were built according to Illumina Standard Protocols and SR50 sequencing was performed in a HiSeq Illumina machine by the Caltech Millard and Muriel Jacobs Genetics and Genomics Laboratory. Sequence reads were aligned to the G. gallus genome (galgal6) with Bowtie2 (Langmead and Salzberg, 2012), transcript counts were calculated with HTSeq-Count (Anders et al., 2015), and differential expression analysis was performed with DESeq2 (Love et al., 2014). Gene lists were analyzed for functional annotation using PANTHER (Mi et al., 2019) and DAVID (Huang da et al., 2009a,b).



Hybridization Chain Reaction

Embryos to be processed for hybridization chain reaction (HCR) were fixed in 4% paraformaldehyde 1 h at room temperature, then dehydrated in graded methanol washes and stored at least one overnight at −20°C. HCR was performed as previously described (Gandhi et al., 2020), with custom probes designed and ordered through Molecular Technologies.



Image Acquisition and Analysis

Confocal images were acquired with an upright Zeiss LSM 880 at the Caltech Biological Imaging Facility. Images were minimally processed for brightness/contrast and pseudocolored using Fiji (Schindelin et al., 2012) and Adobe Photoshop 2020. Relative fluorescence intensity was determined in Fiji. For each whole mount image, the line tool was used to draw an ROI surrounding the area of neural crest indicated by positive HCR fluorescence for neural crest marker TFAP2β. Integrated density measurements were quantified for ROIs on the control electroporated (left) and experimental electroporated (right) sides from the same embryo. Relative fluorescence intensity was then calculated by dividing the integrated density measurements for the experimental versus the control side of the same embryo. Statistical analyses were performed using Prism (8; GraphPad Software). P values are defined in the text, and significance was established with P < 0.05. P values were calculated for embryos using one-tailed paired t-tests with integrated density measurements for control versus experimental sides, and for qRT-PCR using two-tailed one sample t-tests for ΔΔCT values.



Quantitative Reverse Transcription PCR (RT-qPCR)

RNA was extracted from sorted cells (Draxin overexpression) and dissected HH9+ embryonic half heads (NC1-Δ90βcat canonical Wnt signaling activation) using the RNAqueous-Micro Total RNA Isolation Kit (Invitrogen), according to manufacturer instructions. Following RNA isolation in elution buffer, cDNA was reverse transcribed using the SuperScriptIII First-Strand Synthesis System (Invitrogen) with oligo-dT priming. Quantitative PCR (qPCR) was performed using gene-specific primers with FastStart Universal SYBR Green Master Mix with Rox (Roche) and cDNA (diluted 1:10) on a QuantStudio 3 Real-Time PCR System (Applied Biosystems) in triplicate. We determined ΔCT with normalization against 18S ribosomal RNA (ΔCT = Target CT − 18S CT) for Draxin, SNAI2, and RHOB for samples, then calculated ΔΔCT values (ΔΔCT = Average Control ΔCT − Perturbation ΔCT) for each target and replicate. The gene-specific primers used for qPCR were: Draxin-F 5′-CTACGCTGTTATGCCAAATTCC; Draxin-R 5′-GAATGATCCCTGCTCTCCATT; SNAI2-F 5′-GCA ACAAGACCTATTCCACTTTC; SNAI2-R 5′-GTACTTG CAGCTGAACGATTTC; RHOB-F 5′-CGTGATCCTCATGT GCTTCT; RHOB-R 5′-TGCGCAGGTCTTTCTTGT; 18S-F 5′-CCATGATTAAGAGGGACGGC; 18S-R 5′-TGGCAAA TGCTTTCGCTTT.



RESULTS


Identification of Draxin-Responsive Genes in Migrating Cranial Neural Crest

We have previously shown that the secreted protein Draxin functions as a potent inhibitor of cranial neural crest cell migration during EMT (Figure 1A; Hutchins and Bronner, 2018, 2019). Its effects on neural crest are elicited extracellularly via β-catenin-dependent Wnt signaling inhibition, precisely at the early stages of cranial neural crest EMT at HH9+ (Hutchins and Bronner, 2018). To parse the cranial-specific targets of Draxin underlying its effect on neural crest EMT and uncover potential novel targets of canonical Wnt signaling, we performed RNA-sequencing (RNA-seq) on sorted chick cranial neural crest cells, with and without Draxin-mediated Wnt inhibition. To this end, we co-electroporated the FoxD3 NC1.1m3 enhancer, which drives GFP expression specifically in the cranial neural crest population (Simoes-Costa et al., 2012), with either a Draxin overexpression construct containing an internal ribosomal entry site (IRES) driving H2B-RFP (Hutchins and Bronner, 2018) or the same construct without the Draxin coding region as a control (Figure 1B). Embryos were subsequently developed to the onset of cranial neural crest EMT (HH9+), by which point Draxin-mediated effects on EMT are evident (Figure 1C; Hutchins and Bronner, 2018, 2019), to identify EMT-related genes sensitive to canonical Wnt inhibition. From heads dissected anterior to the otic vesicle, we isolated 1500 GFP+ cranial neural crest cells per replicate by FACS, then performed cDNA library preparation and sequencing (Figure 1D).
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FIGURE 1. Experimental design for identification of Draxin-responsive targets in cranial neural crest EMT. (A) Cross-section through embryo electroporated with a Draxin overexpression construct on the right side of the embryo. Immunostaining for E-cadherin (E-cad) and the neural crest marker Pax7 at HH9+ highlights the deleterious effects of Draxin overexpression on cranial neural crest EMT and migration away from the midline (dotted line), compared to the contralateral control side. (B–D) Experimental design to isolate cranial neural crest cells with or without Draxin overexpression. Gastrula stage chick embryos were co-electroporated with a neural crest-specific enhancer driving EGFP expression in cranial neural crest cells (NC1.1m3) and either a Draxin overexpression or control construct (B). NC1.1m3 enhancer expression revealed EGFP + cranial neural crest cells were responsive to Draxin overexpression and exhibited EMT defects (C). Fluorescence activated cell sorting (FACS) was used to isolate EGFP+ cranial neural crest cells with and without Draxin overexpression that were subsequently processed for RNA-sequencing and differential expression analysis (D). Scale bar, 20 μm. HH, Hamburger-Hamilton stage; OE, overexpression; IRES, internal ribosomal entry site.


Differential expression analysis initially revealed 284 differentially expressed genes with ≥1.8 fold change and FDR < 0.01. For subsequent functional analysis, we filtered the gene lists to exclude lowly expressed genes (average normalized count values < 1000), resulting in a filtered list of 134 differentially expressed genes (36 downregulated, 98 upregulated) (Figure 2A). Using PANTHER analysis (Mi et al., 2019) to probe molecular functions of these gene targets, we observed enrichment of factors highly associated with transcriptional regulation, enzymatic reactions (including kinases) and secreted proteins indicative of targets associated with intracellular signaling pathways, and structural molecules (such as cytoskeletal and extracellular matrix proteins) indicative of cell migration-associated targets (Figure 2B). Among the most highly changed genes, we found significant enrichment of Draxin, as expected due to its experimental overexpression. Interestingly, we also detected significant downregulation of the Notch pathway effector HES5 (and related genes), and BMP4 (as well as its downstream target MSX1) (Figures 2C,D), suggesting potential signaling pathway crosstalk between Draxin, canonical Wnt signaling, and other pathways with critical roles in neural crest development. Given that Draxin has been shown to intersect with additional signaling pathways in other contexts (Ahmed et al., 2011; Hossain et al., 2013; Meli et al., 2015), further studies are needed to parse direct and indirect effects relevant to craniofacial morphogenesis and neural crest EMT.
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FIGURE 2. Transcriptome analysis reveals differentially expressed genes responsive to Draxin-mediated canonical Wnt inhibition. (A) Volcano plot following differential expression analysis and filtering. Dotted lines indicate significance and fold change cutoffs for downstream analysis. (B) Molecular functions for the 134 differentially expressed genes. (C,D) Most enriched and depleted genes in cranial neural crest with Draxin overexpression.




Biological Pathway Analysis of Draxin-Responsive Genes in Cranial Neural Crest

To better understand the molecular processes in which Draxin, and by extension canonical Wnt signaling, function during cranial neural crest EMT, we performed functional annotation for the dataset using the Database for Annotation, Visualization and Integrated Discovery (DAVID) (Huang da et al., 2009a,b). Consistent with established roles of canonical Wnt signaling and Draxin-mediated inhibition during cranial neural crest EMT, we observed enrichment of genes associated with transcriptional regulation, cell adhesion, and lipid synthesis, which we have recently shown is important for cell signaling during cranial neural crest EMT (Piacentino et al., 2020). In addition, we found numerous genes associated with bone/cartilage formation (e.g., CYTL1, ILK, NOV), a critical function of cranial neural crest, and genes involved in ribosome biogenesis (e.g., NOP56, PES1, NOC2L), which has implications for craniofacial development (Ross and Zarbalis, 2014) (Figure 3A).
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FIGURE 3. Biological pathways and diseases associated with Draxin-responsive transcriptome dataset. (A–C) Biological pathway analysis identified enrichment of targets associated with transcriptional regulation, cell adhesion, chondrocyte/osteoblast differentiation, negative regulation of apoptosis, ribosome biogenesis, and lipid synthesis. (D,E) Functional annotation identified genes highly correlated with craniofacial abnormalities and nervous system dysfunction.


Among the targets associated with transcriptional regulation, we detected significant downregulation of SNAI2, which has been shown to be a direct target of canonical Wnt signaling, and subsequently Draxin (LaBonne and Bronner-Fraser, 1998; Monsoro-Burq et al., 2005; Wu et al., 2005; Hutchins and Bronner, 2018) (Figure 3B). In addition, we observed significant downregulation of genes that mediate cell adhesion and EMT (Figure 3C), including RHOB, shown to be required for neural crest delamination in the trunk (Liu and Jessell, 1998), and EPCAM, which has been shown to participate in cancer cell EMT (Wang et al., 2018). We also observed significant correlations for disease-associated genes, including those involved in craniofacial (Figure 3D) and nervous system dysfunction (Figure 3E). This was expected given the role of the cranial neural crest in craniofacial development, and established roles for Draxin in nervous system development (Islam et al., 2009; Tawarayama et al., 2018).



Functional Validation of a Novel Immediate Early Canonical Wnt Target

To validate Draxin-responsive targets from our dataset, we performed quantitative HCR on embryos bilaterally electroporated with the Draxin overexpression construct on the right side of embryos and the control construct on the left side (as in Figure 1B). To establish the area of neural crest migration from which to measure target fluorescence intensities, we visualized expression of TFAP2β, a neural crest marker and non-target of Draxin. We focused on early HH9 + embryos, corresponding to the beginning of cranial neural crest EMT and initial stages of migration, in order to probe immediate early gene changes. As a result, modest defects were evident in the distance cranial neural crest cells migrated away from the midline (Figures 4A–D), consistent with a Draxin overexpression phenotype, albeit to a lesser extent than later stage HH9+ embryos in which migration has progressed more laterally (Figures 1A,C; Hutchins and Bronner, 2018, 2019). We measured SNAI2 and RHOB fluorescence intensities for Draxin overexpression versus control sides of individual embryos, and found significant downregulation of gene expression (Figure 4E; 78.0 ± 2.8% of the control side for SNAI2 and 81.0 ± 5.5% of the control side for RHOB; P ≤ 0.01, one-tailed paired t-test), consistent with predicted trends based on our transcriptomic analyses. This is consistent with our previously published work indicating that Draxin acts upstream of Snail2 protein expression (Hutchins and Bronner, 2018). We further validated the effects of Draxin overexpression on SNAI2 and RHOB using quantitative reverse transcription PCR (RT-qPCR) with sorted cells collected alongside sequenced cells from Figure 1; consistent with the HCR data (Figures 4A–E), we detected significant downregulation of both SNAI2 and RHOB with Draxin overexpression (Figure 4F).
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FIGURE 4. Hybridization chain reaction (HCR) validation of identified neural crest EMT genes. (A–D) Representative images of quantitative HCR for neural crest marker TFAP2β and targets SNAI2 and RHOB in embryos bilaterally electroporated with a control (left) or Draxin overexpression (right) construct. SNAI2 and RHOB are pseudocolored based on fluorescence intensities as indicated by color scale in panels (A′–D′). (E) Integrated density measurements revealed significant downregulation of SNAI2 and RHOB (78.0 ± 2.8% of the control side for SNAI2 and 81.0 ± 5.5% of the control side for RHOB; P ≤ 0.01, one-tailed paired t-test) with Draxin overexpression. Scale bar, 20 μm. (F) ΔΔCT values from quantitative reverse transcription PCR (RT-qPCR) for DRAXIN, SNAI2, and RHOB (normalized against 18S, comparing control versus overexpression cells) from HH9+ sorted cranial neural crest cells co-electroporated with NC1.1m3 fluorescent GFP reporter with or without Draxin overexpression (DraxinOE). As expected, DRAXIN was significantly upregulated whereas SNAI2 and RHOB were significantly downregulated in DraxinOE cranial neural crest cells. *P < 0.05, two-tailed one sample t-test. (G) ΔΔCT values from quantitative reverse transcription PCR (RT-qPCR) for DRAXIN, SNAI2, and RHOB (normalized against 18S, comparing control versus Wnt-activated cells) from dissected HH9+ cranial tissue from embryos co-electroporated with NC1.1m3 fluorescent RFP reporter with or without stabilized β-catenin expression (NC1-Δ90βcat). In contrast to Wnt inhibition via DraxinOE (F), SNAI2 and RHOB were significantly upregulated with Wnt activation via NC1-Δ90βcat, whereas DRAXIN was significantly downregulated. *P ≤ 0.02, two-tailed one sample t-test.


Given that RHOB has been previously shown to be a BMP-responsive target (Liu and Jessell, 1998) and insensitive to Wnt signaling (Taneyhill and Bronner-Fraser, 2005) in trunk neural crest, we next sought to determine whether the reduction in RHOB we observed in cranial neural crest was due to direct effects from Wnt signaling, or indirect effects through downregulation of BMP. We have previously shown that canonical Wnt signaling is active in cranial neural crest at the onset of EMT using a fluorescent reporter (Hutchins and Bronner, 2018), while BMP signaling is active in the presumptive cranial neural crest at earlier stages during their induction (Piacentino and Bronner, 2018); here we employed a similar approach to investigate the timing of BMP signaling activation in cranial neural crest at the onset of EMT. Electroporation of a fluorescent BMP reporter (BRE::GFP) revealed a lack of active BMP signaling in cranial neural crest cells that have undergone EMT and commenced migration at HH9+ (Supplementary Figure 1). Thus, it is unlikely that the reduction in RHOB we observed was due to suppressive effects on BMP signaling by Draxin. To more fully examine whether RHOB downregulation was due to direct effects from Wnt signaling, we performed RT-qPCR on embryos with and without canonical Wnt signaling activation during cranial neural crest EMT. Here, we specifically activated canonical Wnt signaling in specified cranial neural crest by driving expression of a stabilized form of β-catenin under the control of a neural crest-specific enhancer (NC1-Δ90βcat). Importantly, we observed upregulation of SNAI2, an established direct target of canonical Wnt signaling (LaBonne and Bronner-Fraser, 1998; Monsoro-Burq et al., 2005; Wu et al., 2005), as well as upregulation of RHOB, suggesting a direct link with Wnt signaling. Interestingly, we also observed concomitant downregulation of endogenous DRAXIN, suggesting the possibility of a negative feedback loop with respect to DRAXIN expression (Figure 4G).

Taken together, our data identify a novel target of Draxin and canonical Wnt signaling during cranial neural crest EMT (RHOB), and suggest that Draxin downregulation, and subsequent activation of Wnt signaling, is essential for crosstalk and feedback of signaling pathways that alter cranial neural crest transcriptional activation, and ultimately EMT.



DISCUSSION

Using transcriptome profiling of Draxin-responsive targets, we identified likely gene targets of canonical Wnt signaling during cranial neural crest EMT. Consistent with our previously published work examining protein expression (Hutchins and Bronner, 2018), we verified transcript downregulation of canonical Wnt target SNAI2 in response to Draxin overexpression. Furthermore, we also identified and validated a novel target – RHOB. RhoB is BMP-responsive in trunk neural crest and is necessary for delamination (Liu and Jessell, 1998); its misexpression has been associated with defects in laminin organization within the basement membrane (Perez-Alcala et al., 2004). Interestingly, we have previously demonstrated that Draxin, via regulation of canonical Wnt signaling, also is involved in regulating laminin organization and remodeling of the basement membrane during cranial neural crest development (Hutchins and Bronner, 2019). Furthermore, we also observed downregulation of the BMP ligand BMP4, suggesting that BMP signaling may act downstream of Wnt signaling during or immediately after cranial neural crest EMT. In trunk, it has been shown that neural crest delamination is regulated by BMP, and that canonical Wnt signaling is controlled by BMP signaling through BMP-responsive expression of the Wnt1 ligand (Burstyn-Cohen et al., 2004). This is particularly interesting in light of our observations from a GFP reporter construct that BMP signaling is inactive in cranial neural crest at the onset of EMT (Supplementary Figure 1). Interestingly, Draxin has also been shown to inhibit neural crest migration in the trunk (Su et al., 2009; Zhang et al., 2017). Thus, whether RHOB expression is differentially regulated based on axial level (i.e., in response to BMP signaling in trunk neural crest versus in response to Wnt signaling in cranial neural crest) or based on signaling pathway crosstalk (which may also be dependent on axial level) remains to be explored.

In searching our datasets for neural crest-specific factors, we also noted modest upregulation of SOX10 and ETS1, genes associated with neural crest EMT (Tahtakran and Selleck, 2003; Theveneau et al., 2007; Simoes-Costa and Bronner, 2015), which seemed contradictory to the antagonistic role of Draxin in modulating cranial neural crest EMT. ETS1 expression is restricted to the cranial population of neural crest and is itself activated via cMYB (Betancur et al., 2010a); together with Sox9, Ets1 and cMYB function as activating gene regulatory inputs into a SOX10E2 enhancer (Betancur et al., 2010b), regulating SOX10 expression in cranial neural crest. Interestingly, in other contexts, canonical Wnt signaling has been shown to trigger degradation of cMYB protein (Kanei-Ishii et al., 2004); given that Draxin is endogenously expressed at HH9, it is possible that its normal inhibitory effects on canonical Wnt signaling may be necessary to reduce degradation of cMYB to activate endogenous levels of ETS1 and SOX10, which initiate expression prior to the onset of EMT. Thus, we postulate here that during early cranial neural crest migration, excess cMYB protein is stabilized via exogenous Draxin-mediated inhibition of canonical Wnt signaling; as a result, this may trigger upregulation of ETS1 and SOX10 gene expression. However, despite upregulation of factors positively associated with EMT, downregulation of SNAI2 alone is sufficient to impede cranial neural crest migration (Nieto et al., 1994; Hutchins and Bronner, 2019).

Taken together, our data identify novel targets of canonical Wnt signaling during cranial neural crest EMT, and highlight potential avenues of intersection for signaling pathways involved in craniofacial development. The results raise the intriguing possibility that the sequence and magnitude of signaling and gene expression crosstalk during cranial neural crest development may help precisely regulate craniofacial morphogenesis.
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Supplementary Figure 1 | BMP-sensitive reporter expression is absent from delaminating and migratory cranial neural crest during EMT. (A) Schematic of cross section of cranial region at HH9+ examined in panel (B). Locations of premigratory (pNC) and migratory crest cells (mNC) are indicated. (B) Following electroporation of a BMP fluorescent reporter construct (BRE:GFP), cross sections stained for a neural crest marker (Snail2, magenta) and membrane label (WGA, white) revealed BMP reporter activity (green) in pNC (white dotted line), but not in delaminating or mNC (yellow dotted line). WGA, wheat germ agglutinin; pNC, premigratory neural crest; mNC, migratory neural crest. Scale bar, 10 μm.
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Olfactory Rod Cells: A Rare Cell Type in the Larval Zebrafish Olfactory Epithelium With a Large Actin-Rich Apical Projection
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We report the presence of a rare cell type, the olfactory rod cell, in the developing zebrafish olfactory epithelium. These cells each bear a single actin-rich rod-like apical projection extending 5–10 μm from the epithelial surface. Live imaging with a ubiquitous Lifeact-RFP label indicates that the olfactory rods can oscillate. Olfactory rods arise within a few hours of the olfactory pit opening, increase in numbers and size during larval stages, and can develop in the absence of olfactory cilia. Olfactory rod cells differ in morphology from the known classes of olfactory sensory neuron, but express reporters driven by neuronal promoters. A sub-population of olfactory rod cells expresses a Lifeact-mRFPruby transgene driven by the sox10 promoter. Mosaic expression of this transgene reveals that olfactory rod cells have rounded cell bodies located apically in the olfactory epithelium and have no detectable axon. We offer speculation on the possible function of these cells in the Discussion.
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INTRODUCTION

The vertebrate olfactory epithelium (OE) is a multimodal sensor. The functions of this epithelium, which derives from paired cranial neurogenic placodes (Whitlock and Westerfield, 2000), are mediated by a diverse set of cells. Two broad classes of sensory receptor—ciliated and microvillous—have been identified in the OE on the basis of morphology, receptor expression, and projection pattern (reviewed in Elsaesser and Paysan, 2007). Olfactory sensory neurons (OSNs), which express G-protein-coupled odorant receptors (ORs) and give rise to the sense of smell, are bipolar neurons that extend a dendrite to the apical surface of the OE and an axon to the olfactory bulb (OB; reviewed in Axel, 1995). Other sensory cells, some of which have no detectable axon, are also present. In mammals, these include microvillous cells that express TrpM channels and other taste components (Hansen and Finger, 2008; Lin et al., 2008; Genovese and Tizzano, 2018); such solitary chemosensory cells (SCCs) also exist in alligators (Hansen, 2007). A subset of OSNs can act as mechanosensors (Grosmaitre et al., 2007; Brinkmann and Schild, 2016; Iwata et al., 2017). Thus, the wide range of cell types in the OE allows for the detection of mechanical and other chemical stimuli in addition to sensing odours.

This variety of receptors is seen not only in terrestrial (air-breathing) animals, but also in aquatic vertebrates. In zebrafish, five classes of OSN have been identified. Each occupies a stereotyped position within the pseudostratified OE, with the dendrite bearing a distinct and characteristic specialisation projecting into the environment (Hansen and Zeiske, 1998; Hansen and Zielinski, 2005; Sato et al., 2005; reviewed in Maier et al., 2014). Ciliated neurons, which express olfactory marker protein (OMP) and OR genes, have a cell body that lies deep within the OE, an axon that projects to dorsal and medial regions of the OB, and a slender dendrite extending to the surface of the olfactory pit. Here, the dendritic knob bears a cluster of primary cilia that project into the olfactory cavity (Hansen and Zeiske, 1998; Hansen and Zielinski, 2005; Sato et al., 2005). Microvillous OSNs, characterised by the expression of TrpC2 and vomeronasal (VR)-type pheromone receptors, have cell bodies that lie in the intermediary layer of the OE, an axon that projects to the lateral part of the OB, and a dendrite bearing a tuft of short, actin-rich microvilli (Hansen and Zeiske, 1998; Hansen and Zielinski, 2005; Sato et al., 2005). Crypt neurons, less abundant than ciliated or microvillous OSNs, have rounded cell bodies that sit apically in the OE, with both cilia and microvilli extending from a crypt within the cell body (Hansen and Zeiske, 1998; Hansen and Zielinski, 2005; Parisi et al., 2014; Biechl et al., 2016; Bettini et al., 2017; Sepahi et al., 2019). Kappe neurons lie in the superficial layers of the adult zebrafish OE and are named for their apical actin-rich cap, presumed to be microvilli (Ahuja et al., 2014). Pear-shaped neurons are also positioned superficially in the adult OE and have short apical dendrites, but express some markers in common with ciliated neurons (Wakisaka et al., 2017). Aside from these OSNs, it is not known what other sensory cell types exist.

The OE is directly exposed to the environment, and is thus continually subject to damage and infection. Numerous mechanisms enable efficient sampling of stimuli while maintaining tissue integrity and defence. These functions are provided by non-sensory cells in the OE, which include basal (stem) cells that replenish the OSNs, sustentacular (support) cells, and goblet cells, which produce mucus containing anti-microbial peptides (Hansen and Zeiske, 1993, 1998; Byrd and Brunjes, 1995; Demirler et al., 2019; reviewed in Olivares and Schmachtenberg, 2019). Multiciliated cells, located around the rim of the olfactory pit in fish, each bear multiple long motile cilia. These have a characteristic 9+2 axoneme and beat at around 24 Hz, resulting in an asymmetric flow that draws water and odorants into the olfactory cavity and flushes them out again (Reiten et al., 2017). Additional cell types with critical functions, such as immune cells, also populate the OE (Sepahi et al., 2019; Kraus et al., 2020).

We report here the existence of a rare cell type, the olfactory rod cell, in the OE of larval zebrafish. Olfactory rod cells are characterised by a single actin-rich apical projection, and were initially observed in whole-mount phalloidin stains, which we use routinely to visualise the actin-rich stereociliary bundles on sensory hair cells of the inner ear and lateral line. It was unclear what these olfactory cells were, as they did not resemble previously described OSNs. The morphology of the olfactory rod matches descriptions of similar structures in the OE of several other fish species (Bannister, 1965; Schulte, 1972; Breipohl et al., 1973; Ichikawa and Ueda, 1977; Yamamoto and Ueda, 1978; Rhein et al., 1981; Hernádi, 1993; Datta and Bandopadhyay, 1997), many of which were previously dismissed either as senescent forms of OSNs or as fixation artefacts (Muller and Marc, 1984; Moran et al., 1992). Using a variety of transgenic lines and imaging techniques, including live imaging, we show that zebrafish olfactory rod cells are present in living fish and can be detected from early stages of larval development.



MATERIALS AND METHODS


Zebrafish Husbandry

Zebrafish strains used in this study were wild type (AB strain—ZFIN), ift88tz288b (Tsujikawa and Malicki, 2004), sox10m618 (Dutton et al., 2001), Tg(actb2:Lifeact-RFP)e115 (Behrndt et al., 2012), Tg(actb2:Lifeact-GFP)e114 (Behrndt et al., 2012), Tg(Xla.Tubb:jGCaMP7f)sq214 (Chia et al., 2019), Tg(elavl3:GCaMP6f)jf1 (Dunn et al., 2016), Tg(elavl3:H2B-GCaMP6s)jf5 (Dunn et al., 2016), Tg(pou4f3:GAP-GFP)s356t (Xiao et al., 2005) and Tg(sox10:Lifeact-mRFPruby)sh630 (this study). Homozygous sox10–/– mutant larvae were identified by their lack of body pigmentation at 5 days post-fertilisation (dpf). Adult zebrafish were kept in a 10 h dark/14 h light cycle at 28.5°C and spawned by pair-mating or marbling (Aleström et al., 2019). Eggs were collected and staged according to standard protocols (Kimmel et al., 1995; Nüsslein-Volhard and Dahm, 2002), and raised in E3 medium (5 mM NaCl, 0.17 mM KCl, 0.33 mM CaCl2, 0.33 mM MgSO4, with 0.0001% methylene blue at early stages) at 28.5°C. For controlling the developmental rate to obtain embryos at stages 34–46 h post-fertilisation (hpf), embryos were incubated at 25°C or 34°C in accordance with Kimmel’s formula, HT = h ÷ (0.055T – 0.57) (Kimmel et al., 1995). For live imaging, zebrafish were anaesthetised with 0.5 mM tricaine mesylate in E3.



Generation of the Tg(sox10:Lifeact-mRFPruby) Transgenic Line

The -4725sox10:Lifeact-mRFPruby construct was generated using the Gateway Tol2 kit (Kawakami, 2007; Kwan et al., 2007). The p5E -4725sox10 promoter (Dutton et al., 2008; Rodrigues et al., 2012), pME-Lifeact-mRFPruby (Riedl et al., 2008), and p3E polyA sequences were cloned into pDestTol2pA3 through an LR Clonase reaction. The 12.1 kb final plasmid was sequenced and injected into the AB strain. Injected embryos were grown to adulthood and crossed to AB. Transgenic progeny from one founder male were selected based on mRFPruby expression in the inner ear and grown to adulthood to generate a stable line. Embryos with bright fluorescence, presumed to be homozygous for the transgene, were chosen for imaging.



Immunohistochemistry and Phalloidin Staining

Zebrafish embryos and larvae were fixed in 4% paraformaldehyde (PFA) in phosphate-buffered saline (PBS) for 2 h at room temperature or overnight at 4°C. Zebrafish were washed three or more times with PBS, and permeabilised by incubation in PBS-Triton X-100 (0.2% Triton for 36–48 hpf embryos, 1% Triton for later stages) for several hours at 4°C until staining.

To visualise F-actin, zebrafish were stained with either Alexa Fluor 488 phalloidin (Cell Signaling Technology; 1:150), Alexa Fluor 568 (Invitrogen ThermoFisher; 1:50), or Alexa Fluor 647 phalloidin (Invitrogen ThermoFisher; 1:50) in PBS overnight at 4°C. After staining, zebrafish were washed four times in PBS over two or more hours before imaging.

For antibody staining, after fixing and washing, zebrafish were washed a further three times in PBS-0.2% Triton and incubated in blocking solution (10% sheep serum in PBS-0.2% Triton) for 60 min at room temperature. The primary antibody was mouse IgG1 anti-acetylated α-tubulin antibody (Sigma-Aldrich; 1:100). Staining was carried out in blocking solution containing 1% dimethyl sulfoxide (DMSO; Sigma-Aldrich) overnight at 4°C. Zebrafish were washed three times in PBS-0.2% Triton, and a further four times over two or more hours. The secondary antibody was Alexa 647-conjugated goat anti-mouse IgG1 (Invitrogen ThermoFisher; 1:200). For double stains with phalloidin, Alexa Fluor 488 phalloidin (1:150) and DMSO (1%) were added together with the secondary antibody in blocking solution overnight at 4°C. Zebrafish were then washed four times in PBS-0.2% Triton and stored at 4°C until imaging. Controls with no primary antibody yielded no staining (not shown).



Neomycin Treatment

For neomycin treatment, a concentration of 500 μM was chosen, as it was an effective concentration used by Harris et al. (2003) for minimum lateral line hair cell survival, as measured by DASPEI staining. A 5 mM solution was made by adding neomycin trisulfate salt hydrate (Sigma-Aldrich) to MilliQ water and used at a 1:10 dilution in E3 fish medium. Tg(pou4f3:GFP) transgenic zebrafish were treated for 60 min at 28.5°C. An equivalent volume of MilliQ water in E3 was used for the control group. Zebrafish were washed three times in fresh E3 and left at 28.5°C for 2 h. GFP signal was screened using widefield fluorescence microscopy to analyse hair cell damage. Zebrafish were fixed and stained with Alexa Fluor 647 phalloidin as above.



Fluorescence Imaging

For confocal imaging, fixed zebrafish embryos and larvae were mounted in 1.5% low melting point (LMP) agarose in PBS, and live zebrafish were mounted in 1.5% LMP agarose in E3 in WillCo glass-bottomed dishes (mounted in frontal view for 36–48 hpf, dorsal view for later stages). Zebrafish were imaged on a Zeiss LSM880 Airyscan confocal microscope equipped with a Plan-Apochromat 20 × /0.8 M27 air objective, LD LCI Plan-Apochromat 40 × /1.2 Imm Korr DIC M27 water immersion objective, or Plan-Apochromat 63 × /1.4 oil DIC M27 objective. Images were acquired in Airyscan SR mode, Airyscan Fast scan mode with SR sampling, or Airyscan Fast scan mode with Opt sampling. Zebrafish were also imaged on a Zeiss LSM 800 attached to an upright microscope with a W Plan-Apochromat 40 × /1.0 DIC M27 or 63 × /1.0 M27 water dipping objective. The laser lines used were 488, 561, and 633 nm. Widefield imaging was performed on a Zeiss Axio Zoom.V16 fluorescence stereo zoom microscope equipped with a Zeiss 60N-C 1” 1.0 × C-mount and AxioCam MRm camera. For light-sheet imaging, live zebrafish larvae were mounted in 0.9% LMP agarose in E3 and imaged on a Zeiss Z1 Light-sheet microscope, with 4% tricaine in E3 in the sample chamber. Imaging was performed with a W Plan-Apochromat 20 × objective using brightfield illumination and the 561 nm laser line.



Scanning Electron Microscopy

For scanning electron microscopy, ift88 homozygous mutant and phenotypically wild-type sibling larvae at 4 dpf were fixed overnight in 2.5% glutaraldehyde/0.1M sodium cacodylate buffer. Samples were washed in buffer, post-fixed in 2% aqueous osmium tetroxide for 1 h, washed in buffer again and then dehydrated through a graded ethanol series (50, 75, 95, 100%) before being dried in a mixture of 50% hexamethyldisilazane (HMDS) in 100% ethanol. Final drying was in 100% HMDS. After removal of the final HMDS wash, samples were left to dry in a fume hood overnight. Samples were mounted onto a pin stub using a Leit-C sticky tab and Leit-C mounting putty, gold-coated using an Edwards S150B sputter coater, and examined in a Tescan Vega3 LMU Scanning Electron Microscope at an operating voltage of 15 kV and imaged using a secondary electron detector.



Image Processing, Quantification, and Statistical Analyses

Zeiss LSM880 Airyscan confocal images were subjected to Airyscan processing on Zen Black 2.3 software (Zeiss) using “Auto” Airyscan processing parameters. Further processing was performed on Fiji (Schindelin et al., 2012). 3D rendering was performed using the 3D Viewer plugin (Schmid et al., 2010) on Fiji. Olfactory rod projection lengths were measured in 3D from confocal images using Fiji, and calculated in Microsoft Excel using the PyT method (based on the Pythagorean theorem) from Dummer et al. (2016). All quantifications were exported into GraphPad Prism 8, which was then used for performing statistical analyses and making graphs.

Statistical analyses were carried out in GraphPad Prism 8. Datasets were considered normally distributed if they passed at least one of four normality tests (Anderson-Darling, D’Agostino & Pearson, Shapiro-Wilk, and Kolmogorov-Smirnov tests). Statistical tests used are stated in the figure legends. Bars on graphs indicate mean ± standard error of the mean (S.E.M.), unless stated otherwise. P values are indicated as follows: P > 0.05 (not significant, ns), P < 0.05 (∗), P < 0.01 (∗∗), P < 0.001 (∗∗∗), P < 0.0001 (****).

For mapping spatial distributions of olfactory rod cells within the olfactory pit, 2D maximum intensity projection images were imported into the Desmos Graphing Calculator (desmos.com). The positions and sizes of the images were adjusted to align the rims of olfactory pits with an ellipse to fit the shape of the rim, defined by [image: image]. The positions of the base of each olfactory rod, relative to the ellipse, were plotted as coordinates onto the graph. The resulting graphs were exported as .png image files.

Figures were prepared using Adobe Photoshop and Affinity Designer.



RESULTS


Actin-Rich Rod-Like Apical Projections, Distinct From OSN Microvilli and Cilia, Are Present in the Olfactory Epithelium of Larval and Juvenile Zebrafish

Staining of the wild-type larval and juvenile zebrafish OE with fluorescently conjugated phalloidin, which binds to F-actin, reveals the presence of several actin-rich rod-like projections (“olfactory rods”) in each olfactory pit (Figures 1A–B′). These projections differ in number, distribution, size and morphology from any of the described apical projections of zebrafish OSNs. The projections extend from below the apical surface of the OE and project about 5–10 μm above it, tapering to a point. This is an order of magnitude longer than OSN microvilli, which are typically 0.5–0.8 μm in length (Hansen and Zeiske, 1998). Olfactory rods are shorter than the surrounding phalloidin-negative olfactory cilia (Figures 1C–D′), and do not label with an anti-acetylated α-tubulin antibody (Figures 1C–C″′). Olfactory rods are not evenly distributed across the OE, but are mostly clustered posterolaterally in each olfactory pit, although there is variation between individuals (Figure 1E). At low magnification, the olfactory rods appear similar to the actin-rich stereociliary bundle of mechanosensory hair cells of the inner ear and lateral line. However, higher magnification images reveal that the olfactory rod is not oligovillous, but appears to be a single structure (Figures 1B′,C″′,D′). This contrasts with the stepped array of multiple stereocilia present on the apical surface of mechanosensory hair cells (Figure 1F).


[image: image]

FIGURE 1. Phalloidin staining reveals the presence of actin-rich rod-like projections, distinct from OSN microvilli and cilia, in the zebrafish larval and juvenile olfactory epithelium. (A) Maximum intensity projection of an Airyscan confocal image of phalloidin stain in an olfactory pit of a 5 dpf wild-type larva; anterior to the top right, lateral to the bottom right. Arrowhead marks one example olfactory rod. Scale bar = 20 μm. (A′) Enlargement of olfactory rods in panel (A). Scale bar = 5 μm. (B) Dorsal view low power image of phalloidin stain in the head of an 18 dpf (5 mm) wild-type juvenile zebrafish; anterior to the top. Arrowhead marks the position of two olfactory rods in an olfactory pit. Scale bar = 50 μm. (B′) Enlargement of OE in panel (B). Arrowhead marks two olfactory rods. Scale bar = 10 μm. (C–C″) Airyscan confocal image of Alexa-phalloidin signal (C), acetylated α-tubulin immunohistochemistry signal (C′), and merged signals (C″) in an olfactory pit of a 4 dpf wild-type larva; anterior to the top, lateral to the right. Arrowhead marks one example olfactory rod. Scale bar = 20 μm. (C″′) Enlargement of olfactory rod in panel (C″). Scale bar = 5 μm. (D) Differential interference contrast (DIC) image and phalloidin stain (red) in an olfactory pit of a 5 dpf wild-type larva; anterior to the top, lateral to the right. Arrowhead marks one example olfactory rod. Scale bar = 20 μm. (D′) Enlargement of olfactory rods in panel (D). Surrounding olfactory cilia are visible and unlabelled by Alexa-phalloidin. Scale bar = 5 μm. (E) A map of the positions of olfactory rod cell projection bases in olfactory pits of 4 dpf wild-type larvae (N of olfactory pits = 5), based on 2D maximum intensity projections of confocal images of phalloidin stains; anterior “A” to the top, lateral “L” to the right. One dot represents one olfactory rod. Different coloured dots represent olfactory rods from different larvae. (F) Airyscan confocal image of phalloidin stain in an inner ear crista of a 5 dpf wild-type larva. Hair cell stereocilia are labelled with Alexa-phalloidin, and are arranged in a stepped array. In the stereociliary bundle on the extreme left, four different stereociliary lengths are visible [compare with panel (A′)]. Scale bar = 5 μm.


To characterise the timing of appearance and development of the olfactory rods during embryonic and larval stages, we stained fixed samples from 36 hpf, just after formation of the olfactory pits (Hansen and Zeiske, 1993), to 5 dpf. Occasional olfactory rods were present in olfactory pits at 36 hpf, but were only consistently present beyond 46 hpf (Figures 2A,B). Although the number of olfactory rods per pit varied at each stage, the average number increased over time. By 5 dpf, each pit contained 10.7 ± 2.9 (mean ± standard deviation, SD) olfactory rods (Figure 2B). After measuring the olfactory rods in 3D, we found an increase in projection length (from the base of the phalloidin-positive projection to the tip) from 36 hpf to 5 dpf, with the most significant increase occurring by 48 hpf, despite a relatively large range in length at each stage. At 5 dpf in fixed samples, the mean projection length was 10.4 ± 2.2 (SD) μm, with the largest measuring 17.5 μm (Figure 2C).


[image: image]

FIGURE 2. Olfactory rod cells arise early during zebrafish olfactory pit development. (A) Maximum intensity projections of Airyscan confocal images showing the wild-type development of olfactory pit and olfactory rod cells at various embryonic and larval stages, using Alexa-phalloidin as a marker; anterior “A” to the top, lateral “L” to the right. Grayscale values from the original fluorescence image have been inverted. Arrowhead marks one example olfactory rod. Scale bar = 20 μm. Selected inserts show olfactory rods at higher magnification. (B) The change in number of olfactory rod cells per olfactory pit during embryonic development—36 hpf (N of olfactory pits = 4), 38 hpf (N = 5), 40 hpf (N = 7), 42 hpf (N = 4), 44 hpf (N = 7), 46 hpf (N = 6), 48 hpf (N = 9), 3 dpf (N = 5), 4 dpf (N = 10), and 5 dpf (N = 7). Bars indicate mean ± SEM for each stage. Linear regression analysis; * * * * indicates P < 0.0001. (C) The change in lengths of olfactory rod cell projections during embryonic development—36 hpf (N of olfactory pits = 2, n of olfactory rods = 4), 38 hpf (N = 4, n = 17), 40 hpf (N = 6, n = 11), 42 hpf (N = 3, n = 7), 44 hpf (N = 5, n = 7), 46 hpf (N = 6, n = 20), 48 hpf (N = 9, n = 20), 3 dpf (N = 5, n = 32), 4 dpf (N = 10, n = 82), and 5 dpf (N = 8, n = 71). Bars indicate mean ± S.E.M. for each stage. Linear regression analysis; * indicates P = 0.0251, * * * indicates P = 0.0009.




Olfactory Rod Cell Projections Can Develop in the Absence of Olfactory Cilia

As described above, olfactory rods differ from olfactory cilia in terms of size, shape, cytoskeletal composition, and distribution in the OE. We therefore hypothesised that olfactory rod cell projections would not be affected by mutations that disrupt the formation of cilia. To test this, we examined fish mutant for ift88, which codes for a component of the intraflagellar transport machinery necessary for the normal formation and maintenance of cilia (Tsujikawa and Malicki, 2004). A phalloidin stain revealed that olfactory rods were present in the OE of ift88–/– mutants at 5 dpf (Figures 3A,B).
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FIGURE 3. Olfactory rod cells are present in the olfactory epithelia of ift88–/– zebrafish mutants, which lack cilia. (A,B) Maximum intensity projections of Airyscan confocal images of phalloidin stains of a 5 dpf wild-type (A) and ift88–/– mutant (B) larva; dorsal views, anterior to the top. Grayscale values from the original fluorescence image have been inverted. Abbreviations: nm, cranial neuromast; op, olfactory pit. Several olfactory rods (arrowheads mark examples) are visible in each olfactory pit. Scale bar = 50 μm. (C) SEM of the head of a 4 dpf wild-type larva. Scale bar = 100 μm. (D,E) SEM of 4 dpf larval wild-type olfactory pits [enlarged from panel (C)]. Scale bars = 10 μm. Insert in panel (D) shows enlarged view of boxed area in panel (D). Arrowhead marks the tip of an olfactory rod cell apical projection surrounded by olfactory cilia. (E′) Enlarged view of boxed area in panel (E). Arrowhead marks one olfactory rod. Scale bar = 5 μm. (E″) Enlargement of olfactory rod in panel (E′) (arrowhead). Scale bar = 1 μm. (F) Frontal view SEM of the head of a 4 dpf ift88–/– mutant larva. Scale bar = 100 μm. (G) A map of the positions of olfactory rod cell projection emergence through the OE in ift88–/– mutant larvae (N of olfactory pits = 3), based on SEM images at 4 dpf; anterior “A” to the top, lateral “L” to the right. One dot represents one olfactory rod. Different coloured dots represent olfactory rods from different larvae. (Compare with Figure 1E). (H) SEM of 4 dpf larval ift88–/– mutant olfactory pit [enlarged from panel (F)]. Scale bar = 10 μm. (H′) Enlarged view of boxed area in panel (H). Arrowhead marks one example olfactory rod cell projection present despite the loss of cilia. Scale bar = 5 μm. (I) Enlarged SEM of olfactory rods (arrowhead marks example) in 4 dpf larval ift88–/– mutant olfactory pit (from a different individual). Scale bar = 1 μm.


The absence of cilia in ift88–/– mutants allowed us to examine morphology of the olfactory rods using scanning electron microscopy (SEM). In the phenotypically wild-type sibling OE, the olfactory rods were almost completely obscured by olfactory cilia, with only the occasional tip of a projection visible (Figures 3C–E″). However, SEM images of the olfactory pit of ift88–/– mutants at 4 dpf, which lack cilia, revealed the presence of rod-like projections with a similar size, number, smoothly tapering morphology, and spatial distribution to the actin-rich projections described above (Figures 3F–I). At their base, olfactory rods are wider in diameter (about 0.6 μm) than the olfactory cilia in wild-type larvae (0.2 μm in diameter, as is typical for many cilia). We conclude that olfactory rods can develop in the absence of cilia.



Olfactory Rods Can Be Labelled in the Live Larva

To visualise olfactory rods in live larvae, we imaged the Tg(actb2:Lifeact-RFP) transgenic line at 4 and 6 dpf, and Tg(actb2:Lifeact-GFP) at 5 dpf (Behrndt et al., 2012). We found fluorescent apical projections in the olfactory pits of live larvae in all cases (N of fish = 4; Figures 4A–C, Supplementary Movie 1). These matched the size, shape, and posterolateral distribution of olfactory rod cells present in fixed samples (Figures 4D,E). Despite potential shrinkage due to fixation, there was no overall difference in the lengths of projections between live and fixed samples (Figure 4E). The zig-zag pattern exhibited by RFP-positive olfactory rods in raster-scanned images of live larvae suggested that olfactory rods were moving during image capture (Figure 4B). Fast-capture time series imaging of the Tg(actb2:Lifeact-RFP) transgenic line allowed us to observe that the projection oscillates (Supplementary Movie 2), possibly as a result of ciliary beating.
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FIGURE 4. Olfactory rods are labelled in the olfactory epithelia of live zebrafish larvae by the Tg(actb2:Lifeact-RFP) transgene. (A) Maximum intensity projection of dorsal view image of the olfactory pits of a live 6 dpf Tg(actb2:Lifeact-RFP) transgenic larva; anterior to the top. Arrowhead marks one example olfactory rod positive for the Lifeact-RFP transgene. Scale bar = 50 μm. (B) Enlargement of olfactory rods in panel (A) [arrowhead in panel (A)] oscillating during raster-scanned image capture. (Raster scanning was performed from top to bottom in the image, as it has been rotated 90° clockwise) (see Supplementary Movie 2). Scale bar = 5 μm. (C) Maximum intensity projection image of a live 4 dpf Tg(actb2:Lifeact-RFP);Tg(elavl3:H2B-GCaMP6s) double-transgenic larval olfactory pit; anterior to the top, lateral to the right. Arrowhead marks one example olfactory rod positive for the Lifeact-RFP transgene (magenta). Neuronal nuclei are labelled in green. Larvae were fully mounted in agarose, so olfactory rods were not moving. Scale bar = 20 μm (see Supplementary Movie 1). (D) A map of the positions of olfactory rod cell projection bases in olfactory pits of 4 dpf Tg(actb2:Lifeact-RFP);Tg(elavl3:H2B-GCaMP6s) double-transgenic larvae (N of olfactory pits = 2), based on 2D maximum intensity projections of confocal images; anterior “A” to the top, lateral “L” to the right. One dot represents one olfactory rod. Different coloured dots represent olfactory rods from different larvae, with purple corresponding to panel (C). (Compare with Figure 1E). (E) A quantitative comparison of the lengths of olfactory rod cell projections in fixed larvae, using Alexa-phalloidin as a marker (N = 10, n of olfactory rods = 82) versus live larvae, using Lifeact-RFP as a marker (N = 2, n = 43). Violin plot; bars indicate the median and lower and upper quartiles for each group. Mann-Whitney U test; ns, not significant (P = 0.232).




Neuronal Promoters Drive Reporter Expression in Olfactory Rod Cells

To test whether olfactory rod cells have features of neuronal cells, we imaged two transgenic lines that have broad neuronal expression of cytoplasmic fluorescent reporters—Tg(Xla.tubb:jGCaMP7f) (Chia et al., 2019) (N of olfactory pits = 4) and Tg(elavl3:GCaMP6f) (Dunn et al., 2016) (N = 5). Dendrites and dendritic knobs of OSNs were clearly labelled by both lines. In some examples, we observed faintly labelled projections extending from below the surface of the OE, with a similar length and morphology to olfactory rods (Figures 5A–B′). Imaging of double-transgenic Tg(elavl3:GCaMP6f);Tg(actb2:Lifeact-RFP) larvae at 5 dpf suggests that olfactory rod cells are GCaMP6f-positive (N of fish = 3; Figures 5C–C″). While some of the green fluorescence may be caused by bleed-through from RFP, this cannot account for all the signal, as we observed rods where the green fluorescence was detected even with dim red fluorescence (arrowhead, Figures 5C–C″; see trace of RFP and GCaMP6f levels); we also noted bright red pixels with no corresponding green signal. These observations suggest that olfactory rod cells may be a type of neuron.
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FIGURE 5. Olfactory rod cells are labelled by the cytoplasmic neuronal markers Tg(Xla.Tubb:jGCaMP7f) and Tg(elavl3:GCaMP6f). (A) Olfactory pit of a 4 dpf Tg(Xla.Tubb:jGCaMP7f) larva; anterior to the top, lateral to the right. Arrowhead marks one example olfactory rod, albeit faintly labelled. Scale bar = 20 μm. (A′) Enlargement of olfactory rod marked by arrowhead in panel (A) (grayscale values inverted). Scale bar = 10 μm. (B) Olfactory pit of a 5 dpf Tg(elavl3:GCaMP6f) larva; anterior to the top, lateral to the right. Arrowhead marks one example olfactory rod, albeit faintly labelled. Scale bar = 20 μm. (B′) Enlargement of olfactory rod marked by arrowhead in panel (B) (grayscale values inverted). Scale bar = 10 μm. (C–C″) Lifeact-RFP signal (C), GCaMP6f signal (C′), and merged signals (C″) in an olfactory pit of a 5 dpf Tg(elavl3:GCaMP6f);Tg(actb2:Lifeact-RFP) double-transgenic larva; anterior to the top, lateral to the right. The trace shows levels of red and green fluorescence along the dotted line, which passes through three olfactory rods positive for both Lifeact-RFP and GCaMP6f. The olfactory rod highlighted with the arrowhead shows similar levels of fluorescence in both the red and green channels. Scale bar = 20 μm.




Olfactory Rod Cells Are Not Hair-Cell-Like Cells

We initially observed the presence of olfactory rods when performing whole-mount phalloidin stains for the actin-rich stereociliary bundles of sensory hair cells in the inner ear and lateral line. Given the superficial similarity in appearance of olfactory rods to hair-cell stereocilia in low-magnification phalloidin stains (see, for example, Figure 3A), and a report of a rare cell type bearing stereocilia-like microvilli in the rat OE (Menco and Jackson, 1997), we were interested to test whether there is any similarity between olfactory rod cells and mechanosensory hair cells of the inner ear and lateral line. As shown in Figures 1 and 3, the zebrafish olfactory rod appears to be a single structure rather than a collection of microvilli or stereocilia. To test whether olfactory rod cells express sensory hair cell markers, we performed an Alexa-phalloidin co-stain on the Tg(pou4f3:GFP) transgenic line, a known marker for hair cells (Xiao et al., 2005). At 5 dpf, the stereociliary bundle of lateral line neuromast hair cells was clearly marked by both GFP and phalloidin, which acted as our positive control (Figures 6A–A″). However, the GFP did not co-localise with the phalloidin signal in the olfactory rods, or in the cell body beneath a phalloidin-positive olfactory rod (Figures 6B–B″).
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FIGURE 6. Olfactory rod cells in the zebrafish olfactory epithelium are not hair-cell-like. (A–A″) Maximum intensity projection of Airyscan confocal image of Alexa-phalloidin signal (A), Tg(pou4f3:GFP) signal (A′), and merged signals (A″) in a cranial neuromast of a 5 dpf larva. Scale bar = 10 μm. (B–B″) Airyscan confocal image of Alexa-phalloidin signal (B), Tg(pou4f3:GFP) signal (B′), and merged signals (B″) in an olfactory pit of a 5 dpf larva; anterior to the top, lateral to the right. Arrowhead marks one olfactory rod. Scale bar = 20 μm. (C,F) Widefield imaging of 3 dpf Tg(pou4f3:GFP) larvae showing the damaging effects of 500 μM neomycin treatment for 60 min on lateral line neuromast hair cells. Fluorescence is lost or greatly reduced in both trunk (arrowhead) and cranial neuromasts, whereas fluorescence in hair cells of the inner ear maculae and cristae (arrow) is unaffected. Scale bars = 500 μm. (D,G) Maximum intensity projections of Airyscan confocal images showing the damaging effects of 500 μM neomycin treatment for 60 min on hair cells in a cranial neuromast of a 3 dpf larva, using Tg(pou4f3:GFP) (green) and Alexa-phalloidin (magenta) as markers. Scale bars = 10 μm. (E,H) Maximum intensity projections of Airyscan confocal images showing no effect of 500 μM neomycin treatment for 60 min on olfactory rods, using Alexa-phalloidin as a marker; anterior to the top, lateral to the right. Arrowheads mark olfactory rods. Scale bars = 20 μm. (I) The number of olfactory rod cell projections per olfactory pit of 3 dpf Tg(pou4f3:GFP) larvae after 500 μM neomycin treatment for 60 min (N of olfactory pits = 4), compared with an untreated group (N = 4). Bars indicate mean ± SEM. Welch’s unpaired two-tailed t-test; ns, not significant (P = 0.8018).


Mechanosensory hair cells, including those of the zebrafish lateral line, are susceptible to oxidative damage by aminoglycoside antibiotics, which can preferentially enter hair cells via mechanotransduction channels, and cause cell death following a calcium flux and release of reactive oxygen species by mitochondria (Esterberg et al., 2013, 2016; Pickett et al., 2018). To test whether olfactory rod cells are similarly sensitive, we investigated whether treatment with the aminoglycoside neomycin has the same damaging effect on olfactory rod cells as on lateral line hair cells. Following neomycin treatment at 500 μM for 60 min on 3 dpf Tg(pou4f3:GFP) larvae, lateral line hair cells were lost or severely damaged, as determined by a decrease in the number of GFP-positive cells (together with loss of their phalloidin-positive stereocilia) in both cranial and trunk neuromasts and a change in morphology of any remaining cells (Figures 6C,D,F,G). By contrast, olfactory rods appeared unaffected (Figure 6E,H), with no significant change in the number of olfactory rods present in each olfactory pit (Figure 6I). Taken together, the smooth appearance of the olfactory rods, lack of hair cell marker expression, and resistance to neomycin indicate that olfactory rod cells are not closely related to hair cells.



A Sub-population of Olfactory Rod Cells Expresses a Lifeact Transgene Driven by the sox10 Promoter

Sox10 is a known marker of both neural crest and otic epithelium (Dutton et al., 2001). Robust transgene expression driven by the sox10 promoter has been reported in the OE and other tissues in the zebrafish (Mongera et al., 2013; Saxena et al., 2013). We have generated a Tg(sox10:Lifeact-mRFPruby) transgenic line to visualise actin localisation and dynamics in the live embryo in sox10-expressing tissues. As reported for the Tg(sox10:eGFP) transgene (Saxena et al., 2013), we observed OSNs expressing Tg(sox10:Lifeact-mRFPruby) in the OE at 4 and 5 dpf; based on morphology, most of these cells were microvillous OSNs. However, staining with Alexa-phalloidin on fixed samples revealed the co-expression of Lifeact-mRFPruby in a sub-population of phalloidin-positive olfactory rod cell projections (Figures 7A–B″). Not all olfactory rod cells expressed the transgene; an average of 64.4% of olfactory rod cells marked by phalloidin (N of olfactory pits = 5, n of olfactory rods = 59) also expressed Lifeact-mRFPruby (Figure 7C). As for the olfactory rods labelled with Lifeact-RFP, rods labelled with Lifeact-mRFPruby oscillated (Supplementary Movie 3).
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FIGURE 7. Olfactory rod cells are apically located in the zebrafish olfactory epithelium, with a rounded cell body and no detectable axon. (A–B″) Airyscan confocal image of Alexa-phalloidin signal (A,B), Tg(sox10:Lifeact-mRFPruby) signal (A′,B′), and merged signals (A″,B″) in olfactory pits of 4–5 dpf larvae; anterior to the top, lateral to the right. Arrowhead marks one olfactory rod negative for Lifeact-mRFPruby. Arrow marks one olfactory rod positive for Lifeact-mRFPruby. Scale bars = 20 μm. (C) Number of olfactory rod cells positively marked by Alexa-phalloidin (n of olfactory rods = 59), compared with the number of those also marked by Tg(sox10:Lifeact-mRFPruby) (n = 38), in olfactory pits of 4–5 dpf larvae (N of olfactory pits = 5). Connecting lines indicate olfactory rods from the same olfactory pit. Paired two-tailed t-test; * indicates P = 0.0146. (D) Enlargement of two microvillous OSNs, expressing Lifeact-mRFPruby, in the OE of a 4 dpf larva; Alexa-phalloidin signal (green), Tg(sox10:Lifeact-mRFPruby) signal (magenta). Arrowhead marks the microvillous apical projections. The gamma value for the magenta channel in the bottom half of the panel has been set to 0.5 to show the axon from one of the cells (arrow). Scale bar = 5 μm. (E) Enlargement of olfactory rod cells (of which both the apical actin projections and cell bodies are labelled by the Tg(sox10:Lifeact-mRFPruby) transgene) in the OE of a 4 dpf larva; Alexa-phalloidin signal (green), Tg(sox10:Lifeact-mRFPruby) signal (magenta). Arrowhead marks an olfactory rod cell apical projection, positive for both markers. The gamma value for the bottom half of the panel has been set to 0.5 as in panel (D); no axon is visible. Scale bar = 5 μm. See also Supplementary Movie 3.


The sparse expression of the Tg(sox10:Lifeact-mRFPruby) transgene allowed us to visualise the morphology of the cell body of olfactory rod cells and ask whether they have an axon. Lifeact-mRFPruby-expressing cell bodies were positioned apically in the OE and were rounded in shape (Figures 7B–B″,E). They were morphologically distinct from the well-described microvillous OSNs (Figures 7D,E) as well as ciliated and crypt OSNs. The axons of microvillous OSNs were visible in those cells labelled by the transgene (Figure 7D). However, with this marker, we were unable to observe an axon extending from the cell body of olfactory rod cells (N of olfactory pits = 5, n of cells = 9; Figure 7E).

To test whether the development of olfactory rod cells is dependent on sox10 function, we stained sox10–/– homozygous mutants (Dutton et al., 2001) with Alexa-phalloidin. Olfactory rods were present in sox10–/– mutants at 5 dpf, but variable in number (N of olfactory pits = 8, n of olfactory rods = 53; Figure 8). Taken together, the data from Tg(sox10:Lifeact-mRFPruby) transgenic and sox10–/– mutant larvae indicate that sox10 function is not essential for the formation of olfactory rod cells.
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FIGURE 8. Olfactory rod cells are present in the olfactory epithelia of sox10–/– zebrafish mutants. (A) Maximum intensity projection of Airyscan confocal image of phalloidin stain in a 5 dpf larval wild-type olfactory pit; anterior to the top, lateral to the right. Arrowhead marks one example olfactory rod. Scale bar = 20 μm. (B) Airyscan confocal image of phalloidin stain in a 5 dpf larval sox10–/– mutant olfactory pit; anterior to the top, lateral to the right. Arrowhead marks one example olfactory rod. Scale bar = 20 μm.




DISCUSSION

The zebrafish is a key model organism for the study of the olfactory system (reviewed in Kermen et al., 2013; Calvo-Ochoa and Byrd-Jacobs, 2019), and a complete inventory of the cell types present in the zebrafish OE will be an important resource and reference point for further study. Through the use of phalloidin staining, immunohistochemistry, transgenic zebrafish lines, SEM and high-resolution fluorescence confocal imaging, we have identified a rare cell type, the olfactory rod cell, in the zebrafish larval and juvenile OE. Olfactory rod cells, which have not previously been described in zebrafish to our knowledge, are morphologically distinct from the well-characterised OSNs and other known cell types in terms of their apical projections, cell shape, and distribution and positioning within the OE.


The Olfactory Rod: An Actin-Rich Apical Projection

The spectacular actin-rich projection of the olfactory rod cell adds to the rich repertoire of known F-actin-based cellular specialisations, which include microvilli, stereocilia, lamellipodia, filopodia, cytonemes and microridges (reviewed in Heath and Holifield, 1991; Theriot and Mitchison, 1991; Ramírez-Weber and Kornberg, 1999; Pinto et al., 2019; Inaba et al., 2020). Many sensory cell types, in both fish and mammals, bear actin-rich mechano- or chemosensory microvillous projections, including the stereocilia of sensory hair cells (Tilney et al., 1980; reviewed in Gillespie and Müller, 2009; Barr-Gillespie, 2015), and the microvilli of olfactory and vomeronasal microvillous neurons, SCCs of the skin and barbel (Kotrschal et al., 1997; Finger et al., 2003; Hansen and Finger, 2008), taste bud cells (Hansen et al., 2002; Zachar and Jonz, 2012), spinal cerebrospinal fluid-contacting neurons (CSF-cNs; Djenoune et al., 2014; Desban et al., 2019), Merkel cells, retinal Müller glia (Sekerková et al., 2004), and the brush and tuft cells of mammalian respiratory and intestinal epithelia, respectively (reviewed in Reid et al., 2005; Schneider et al., 2019). As a single structure with a smoothly tapering morphology, the zebrafish olfactory rod differs from these oligovillous structures. Adult zebrafish SCCs, found distributed over the entire body surface (Kotrschal et al., 1997), and mature light cells of the zebrafish taste bud (Hansen et al., 2002) each bear a single microvillus, but at 1–3 μm in length, these are much shorter than the olfactory rods we describe.

Olfactory rod cells are distinct from rodlet cells, which have been reported in many different epithelial tissues of marine and freshwater fish, including zebrafish, and contain several intracellular electron-dense rodlets within a thick cuticular-like wall (Bannister, 1966; reviewed in Morrison and Odense, 1978; Hansen and Zeiske, 1998; Dezfuli et al., 2007; DePasquale, 2020). Recently, phalloidin staining has demonstrated that the rodlets, which can be extruded from the cell, are not composed of F-actin (DePasquale, 2020). Thus, zebrafish olfactory rod cells, which are unique to the OE at the larval stages we have described, are not related to rodlet cells.



Olfactory Rod Cells in Other Teleost Species

Previous studies have provided descriptions of cell types similar to the olfactory rod cell in other teleost species, including the common minnow (Bannister, 1965), several eel species (Schulte, 1972; Yamamoto and Ueda, 1978), goldfish (Breipohl et al., 1973; Ichikawa and Ueda, 1977), rainbow trout (Rhein et al., 1981), common bleak (Hernádi, 1993), catfish (Datta and Bandopadhyay, 1997), and several cave fish and cave loach species (Waryani et al., 2013, 2015; Zhang et al., 2018).

Using transmission electron microscopy (TEM), Bannister (1965) reported sparsely populated rod-shaped protrusions, approximately 4 μm in length and shorter than surrounding sensory and non-sensory olfactory cilia, in the OE of adult (3.7 cm) common minnow (Phoxinus phoxinus). Here, the rod-like projection consisted of several bundles of fibres, consistent with the appearance of F-actin, extending from deep within the cell (Bannister, 1965). Similarly, using TEM and SEM respectively, Schulte (1972) and Yamamoto and Ueda (1978) reported the presence of olfactory rod cells in the OE of several adult eel species: European eel (Anguilla anguilla), Japanese eel (A. japonica), white-spotted conger (Conger myriaster), buffoon snake eel (Microdonophis erabo), and brutal moray (Gymnothorax kidako). In European eels, the cells were described as a receptor with a single rod-shaped appendage, measuring 0.8 μm in diameter and extending 4 μm above the apical surface of the epithelium (Schulte, 1972). Olfactory rods in the other four species measured 1 μm in diameter and 10 μm in length. Olfactory rods were either found to exist solitarily or in a group; interestingly, it was noted that olfactory cilia were sparse in areas where olfactory rods occurred in a group (Yamamoto and Ueda, 1978).

More recent reports include comparisons of the surface structures of olfactory epithelia in different adult cave fish and loaches. SEMs in Sinocyclocheilus jii and S. furcodorsalis cave fish, and in Oreonectes polystigmus and O. guananensis cave loaches revealed that olfactory rods were clustered in different regions of olfactory rosette lamellae (Waryani et al., 2013, 2015). Another SEM study on the variations in olfactory systems of adult cave fish species of different habitats reported not just one, but three different cell types all classified as “rod cilia” in the olfactory epithelia of S. anshuiensis and S. tianlinensis. The first cell type had a long base with an oval apex, the second contained an oval base with a thin apex, while the third was rod-shaped and thin from base to tip, measuring 2.01–3.08 μm in length (Zhang et al., 2018). Despite the shorter length, this third type appeared morphologically consistent with zebrafish olfactory rod cells. Unlike other teleosts, olfactory rod cells were reported as the dominant cell type over ciliated and microvillous OSNs in the OE of S. jii (Waryani et al., 2013). This may be an example of the known compensatory enhancement of the olfactory system in blind morphs of cave fish (Bibliowicz et al., 2013; reviewed in Krishnan and Rohner, 2017).

Although there appear to be variations in the numbers and sizes of olfactory rod cells reported in these other teleost species, some of these cells may be homologous to the olfactory rod cells we describe in zebrafish larvae. However, all of these previous studies were limited to fixed adult samples by means of TEM and SEM, and none have tested or confirmed the cytoskeletal composition of the olfactory rod.



Olfactory Rod Cells Differ From Known Olfactory Sensory Neurons

We have detected weak expression of cytoplasmic fluorescent markers driven by neuronal promoters in olfactory rod cells. However, we were unable to detect an axon in nine individual olfactory rod cells imaged with a Lifeact-mRFPruby transgene at 4–5 dpf. Of note, Ichikawa and Ueda (1977) performed olfactory nerve bundle transection in adult goldfish to determine which cell types are OSNs. As expected, transection caused retrograde degeneration of both ciliated and microvillous OSNs. Olfactory rod cells, however, were still identifiable by SEM in the OE 10 days after nerve transection. The authors concluded that adult goldfish olfactory rod cells are not OSNs. This is similar to the observation that OB ablation did not lead to death of a subset of microvillous cells in the rat OE (Carr et al., 1991). It now appears that such microvillous cells are a class of sensory paraneuron, as they are cholinergic and express components of the taste transduction pathway (Genovese and Tizzano, 2018). Whether olfactory rod cells express similar genes remains to be determined.



Zebrafish Olfactory Rod Cells Are Not Artefacts

Since the first report of olfactory rod cells, several studies have proposed that they may represent senescent forms of OSNs or fixation artefacts (Muller and Marc, 1984; Moran et al., 1992; reviewed in Hansen and Zielinski, 2005). A study in the goldfish (Carassius auratus) and channel catfish (Ictalurus punctatus), using TEM, SEM and filling with horseradish peroxidase, concluded that olfactory rods are most likely a result of fusion of olfactory cilia or microvilli—an indicator of ageing OSNs (Muller and Marc, 1984). A later study on the ultrastructure of olfactory mucosa in brown trout (Salmo trutta) also classified olfactory rods as products of the fusion of olfactory cilia during fixation (Moran et al., 1992). Indeed, TEM images in this study showed multiple ciliary axonemes surrounded by a single membrane (Moran et al., 1992). The presence of such fixation artefacts has led to frequent dismissal of olfactory rod cells in the literature, for example in juvenile and adult European eels (Sola et al., 1993). In the zebrafish, however, the olfactory rods we describe are clearly not a fixation artefact, as they are present in the live larva. Moreover, they are not formed by fusion of cilia, as the olfactory rods are F-actin-positive, do not stain with an anti-acetylated α-tubulin antibody, and are present in ift88–/– mutants which lack cilia.



Possible Functions of Olfactory Rod Cells

Actin-rich projections on sensory cells are known to have mechanosensory (reviewed in Gillespie and Müller, 2009), chemosensory (Höfer and Drenckhahn, 1999; Hansen et al., 2002; Zachar and Jonz, 2012), or multimodal functions (for example in CSF-cNs in zebrafish; Djenoune et al., 2014; Desban et al., 2019). A mechanosensory role for zebrafish olfactory rod cells, for example in detecting ciliary movement or ciliary-driven fluid flow, or a chemosensory role in detecting odorants, could aid olfactory perception in the larva. They may function similarly to microvillous cells that lack axons in the mammalian OE, and participate in volume release for local modulation of OSNs or non-sensory cells (Genovese and Tizzano, 2018), thereby acting as paraneurons (reviewed in Fujita, 1989). The activity of the tubb promoter in olfactory rod cells is consistent with this interpretation, as expression of neuronal tubulin has previously been detected in paraneurons (Iwanaga et al., 1982). Another possibility is that olfactory rod cells could correspond to brush or tuft cells in air-breathing mammals, which have important roles in immunity (Andres, 1975; reviewed in Reid et al., 2005; Howitt et al., 2016; reviewed in Schneider et al., 2019). These ideas remain to be tested.



Possible Origins of Olfactory Rod Cells

Our work does not address the developmental origin of olfactory rod cells, but it is of interest that they express a sox10-driven transgene, albeit in a mosaic fashion. Sox10 mRNA is frequently described as a neural crest marker, but is also expressed strongly in otic epithelium (Dutton et al., 2001), a placodally derived tissue. The use of sox10-driven transgenic lines to identify neural crest derivatives remains controversial. Expression of a sox10:eGFP transgene together with photoconversion studies has led to the conclusion that a subpopulation of microvillous OSNs in the OE is derived from neural crest (Saxena et al., 2013), and use of an inducible sox10:ERT2-Cre transgenic line has identified previously “contested” neural crest derivatives, including cells in the sensory barbels (Mongera et al., 2013). However, using lineage reconstruction through backtracking and photoconversion experiments, Aguillon et al. (2018) have argued that all olfactory neurons, including OSNs and gonadotropin-releasing hormone 3 (GnRH3) cells, are derived entirely from preplacodal progenitors. Given this controversy, we are unable to conclude whether olfactory rod cells are derived from the placode or neural crest.

The Tg(sox10:Lifeact-mFRPruby) line is expressed in a subset of both olfactory rod cells and of microvillous OSNs, with variation in the proportion of expressing cells between individuals. This could reflect true heterogeneity in the olfactory rod cell and microvillous OSN populations, or it could be a result of mosaic or leaky expression of the transgene. Mosaic expression is typical for many transgenes (Mosimann et al., 2013), while leaky expression, which can be explained through the lack of appropriate silencer elements (Jessen et al., 1999), is suspected for the sox10 promoter fragment used in our transgenic construct (reviewed in Tang and Bronner, 2020). Nevertheless, the Tg(sox10:Lifeact-mRFPruby) line has proved a fortuitous tool for visualising olfactory rod cells in the live larva.



Concluding Remarks

A detailed understanding of the vertebrate olfactory system is important both from a cellular and developmental perspective and for its clinical relevance. Olfactory dysfunction can signify underlying cellular disorders and can also be implicated in neurodegenerative diseases (reviewed in Whitlock, 2015; Bergboer et al., 2018). OSNs project directly to the OB, and thus provide an entry route for pathogens to the brain (reviewed in Dando et al., 2014). Cells in the OE can themselves be damaged by viral infection, leading to a reduction, change, or loss of sense of smell (Brann et al., 2020; Gupta et al., 2020; Kraus et al., 2020). The identification of zebrafish olfactory rod cells, with their unique flexible actin-rich protrusion, offers new opportunities to explore the biology of these cells in a genetically tractable model organism, and thus to understand their contribution to the multimodal sensory functions of the vertebrate olfactory epithelium.
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Supplementary Movie 1 | Olfactory rods are labelled in the olfactory epithelia of live zebrafish by the Tg(actb2:Lifeact-RFP) transgene. 3D rendering of a confocal image of a 4 dpf Tg(actb2:Lifeact-RFP);Tg(elavl3:H2B-GCaMPs) double-transgenic larval olfactory pit; anterior to the top. Olfactory rods are labelled in magenta; neuronal nuclei are labelled in green.

Supplementary Movie 2 | Olfactory rods labelled with Lifeact-RFP in the olfactory epithelia of live zebrafish larvae oscillate. Fast-capture time series confocal imaging (5.98 frames per second, fps) of olfactory rods in a 6 dpf Tg(actb2:Lifeact-RFP) larva; anterior to the top, lateral to the left. Playback speed of the movie is 6 fps. Scale bar = 10 μm.

Supplementary Movie 3 | Olfactory rods labelled with Lifeact-mRFPruby in the olfactory epithelia of live zebrafish larvae oscillate. Fast-capture time series light-sheet imaging (50.04 fps) of a 5 dpf Tg(sox10:Lifeact-mRFPruby) larval olfactory pit; anterior to the top left, lateral to the top right. Beating olfactory cilia are visible in brightfield (grayscale), and oscillating olfactory rods are labelled by Lifeact-mRFPruby (magenta). Playback speed of the movie is 7 fps. Scale bar = 20 μm.
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Neural crest ontogeny plays a prominent role in craniofacial development. In this Perspective article, we discuss recent advances to the understanding of mechanisms underlying the cranial neural crest gene regulatory network (cNC-GRN) stemming from omics-based studies. We briefly summarize how parallel considerations of transcriptome, interactome, and epigenome data significantly elaborated the roles of key players derived from pre-omics era studies. Furthermore, the growing cohort of cNC multiomics data revealed contribution of the non-coding genomic landscape. As technological improvements are constantly being developed, we reflect on key questions we are poised to address by taking advantage of the unique perspective a multiomics approach has to offer.
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1. INTRODUCTION

Gene regulatory networks (GRNs) coordinate the expression of genes encoding transcription factors (TFs), cell signaling pathway components and differentiation effectors in genetic cascades mediated by cis-regulatory elements (Levine and Davidson, 2005). GRNs present a unique perspective in the understanding of developmental pathways and mechanisms by focusing on the regulated activity of genes within a defined cellular context. The lengthy process of neural crest (NC) development, that starts at the end of gastrulation and proceeds into late organogenesis has been proposed to be orchestrated by a multi-module GRN (Sauka-Spengler and Bronner-Fraser, 2008; Simões-Costa and Bronner, 2015). Broadly-speaking, Wnt, Fgf, and Bmp signals at the neural plate border activate expression of genes from the Msx, Pax, and Zic families during NC induction (Ikeya et al., 1997; LaBonne and Bronner-Fraser, 1998; Monsoro-Burq et al., 2003, 2005; Lewis et al., 2004; Schumacher et al., 2011). Pax3 and Zic1 activate expression of bona fide NC factors, such as Snai1 and FoxD3, thus driving the onset of NC specification defined by the expression of Tfap2, Id, Myc, Myb, SoxE, and Ets gene family members (Luo et al., 2003; Sato et al., 2005; Hong and Saint-Jeannet, 2007; Sauka-Spengler et al., 2007; Milet et al., 2013; Schock and LaBonne, 2020). The persisting expression of these TFs, as well as the downstream activation of cadherins, integrins, signaling receptors and metalloproteases, subsequently lead to epithelial-to-mesenchymal transition (EMT) and delamination of NC cells from the dorsal neural tube. Cranial NC (cNC) cells migrate via canonical, well-established pathways to their final destinations within the vertebrate embryo's head. Unlike the cNC that can give rise to ectomesenchymal derivatives (forming the cartilage, bones, and connective tissues of the craniofacial skeleton), non-cranial, more posterior NC (vagal, trunk, sacral) form mostly neuronal derivatives such as the sensory neurons and glia in the dorsal root ganglia, sympathetic ganglia and enteric nervous system. Although cranial and trunk NC express similar groups of early marker genes, some distinct TFs (e.g., Sox8, Tfap2β, Ets1) driving cranial vs. trunk NC identity have been described (Simoes-Costa and Bronner, 2016). Recent work suggested that elaborate NC-GRN was progressively established during the evolution of vertebrates with trunk-like circuits being in place first (Martik et al., 2019). However, detailed analysis and understanding of the trunk NC-GRN remains to be done.

The dawn of the -omics era has contributed significantly to the elaboration and refinement of existing GRNs. Coupled with an increasing catalog of sequenced genomes, genome-wide approaches heralded an explosion of exploratory studies that not only recapitulated previous knowledge but also increased the rate of identification of novel developmental players. In the avian NC, RNA-seq identified multiple genes not known previously to be expressed in the migratory cNC such as Lmo4, RxrG, Ltk, and Col9a3 (Simões-Costa et al., 2014). Furthermore, work to compare the transcriptomes of trunk and cNC populations coupled with subsequent functional assays led to identification of a cranial-specific module in the migratory cNC consisting of Brn3c, Lhx5, Dmbx1 in the neural plate border; Sox8, Tfap2β in premigratory NC; and Ets1 (activated by Tfap2β) (Simoes-Costa and Bronner, 2016). Overexpression of these factors in the trunk NC resulted in reprogramming of their identity, highlighted by the ectopic activity of a cNC-specific enhancer SOX10E2 (Betancur et al., 2010) and increased expression of chondrocyte-related genes Runx2 and Alx1. Importantly, gene modules are not limited to the “gross” distinction between trunk vs. cNC, as key differences in the molecular signature between cNC cells from different axial-levels could also be detected using RNA-seq (Lumb et al., 2017). Altogether, these studies exemplify the amenability of the cNC-GRN to be interrogated via an -omics-type approach for the desired outcome of identifying gene modules specific to subpopulations within the cNC.

Such efforts to resolve spatiotemporal dynamics of the cNC-GRN were further strengthened by emerging single cell technologies. Single cell RNA-seq (scRNA-seq) of 406 cNC cells isolated from the avian embryo identified a fraction of invasive front cells (Trailblazers) with a distinct molecular signature that persisted through migration, therefore bringing to light subpopulations within one cell type with seemingly similar cell behavior (Morrison et al., 2017). Strikingly, scRNA-seq analysis of 1345 murine cNC cells detected a subtle but observable discrete cell state where cNC cells displayed a bias toward neuronal vs. mesenchymal fate during delamination from the neural tube (Soldatov et al., 2019). This finding refined and elaborated the long-held model of sequential (induction, specification, delamination, differentiation) developmental events underlying the cNC-GRN and demonstrated the fluid nature of cNC ontogeny at the transcriptional level. Pertinently, scRNA-seq addressed a constantly debated question within the field concerning hetero- or homogeneity of premigratory NC cells. Investigation of transcriptional heterogeneity of premigratory NC cells in vivo using scRNA-seq of FAC-sorted foxd3-positive cNC cells from 5 to 6 ss zebrafish embryos (Lukoseviciute et al., 2018) failed to identify multiple specific NC subpopulations but singled-out a small cluster of NC cells which expressed low levels of factors key to NC specification—zic2b, tfap2a, sox10, twist1b, ets1, pax3a, including foxd3. These cells expressed high levels of stem-cell state (“stemness”) factors such as snai1a, vent, vox, and cx43.4, suggesting that they may represent non-specified cNC progenitors maintained in premigratory cNC. This finding echoes an observation made by machine learning-based image analysis that clustered cNC cells based on expression of a selected panel of genes (including pluripotency and NC markers) within similar-staged avian embryos (Lignell et al., 2017).

From a GRN perspective, scRNA-seq called into question the existence of one unifying NC-GRN or multiple NC-GRNs working in concert with each other to drive NC development. Previous iterations of the NC-GRN were largely based on candidate gene approach studies, thus representing a summation of parts averaged across the NC as a whole. ScRNA-seq dissected this “unified” NC-GRN model into their parts, by revealing subpopulations with distinct molecular signatures (even if they were pre-enriched for cNC) hinting at “multiple” NC-GRNs. In particular, comprehensive analysis of NC enhancer modules in the cranial region suggested that NC gene regulatory circuits controlling neuronal derivatives are established much earlier in the embryo and use non-exclusive cis-regulatory elements shared with neural programmes. In contrast, regulatory circuits underlying mesenchymal/canonical NC gene expression are laid down later when neural tissue is already defined. These later circuits use an intermediary cohort of enhancers active exclusively in the NC (Williams et al., 2019). Such dichotomy in regulatory element modules and NC circuits was also uncovered in the vagal NC giving rise to the enteric nervous system. The neuronal derivative programme was pleiotropic, whereas the GRN underlying neural/glial/mesenchymal derivatives was newly established and utilized by NC cells only (Ling and Sauka-Spengler, 2019).

Methodologically, “first-generation” scRNA-seq studies prior to Williams et al. (2019) utilized FAC-sorting followed by sequencing of full-length mRNA transcripts on a relatively small number of single cells, an approach that although robust, was also laborious and limited in statistical power for sensitive clustering of subpopulations of cells. Nonetheless, they played an important role in priming the NC field for droplet-based technologies allowing a significantly higher number of cells (by the thousands, not hundreds) to be profiled at any one time, therefore bypassing this limitation. The powerful use of the latter approach was also demonstrated in the proto-vertebrate Ciona intestinalis, where the resolution achieved enabled identification of an ancestral Six, Msx, and Pax regulatory module shared between cranial placodes and NC in vertebrates (Horie et al., 2018).



2. CIS-REGULATORY ELEMENTS UNIFY NC GENE MODULES

Positive cis-regulatory elements, also known as enhancers, serve as important “switches” within GRN modules by integrating inputs/binding of upstream factors in order to coordinate output/expression of downstream targets. SOX10E1 and SOX10E2 enhancers, situated 1 kb downstream of the coding region for NC master regulator Sox10 (Kelsh, 2006; Sauka-Spengler and Bronner-Fraser, 2008; Schock and LaBonne, 2020) have been shown to control the expression of Sox10 in the chicken embryo (Betancur et al., 2010). Both enhancers demonstrated distinct spatiotemporal activity, where SOX10E2 alone was active in early delaminating cNC cells. Mutations at key binding motifs identified in SOX10E2, knockdown of upstream TFs and chromatin immunoprecipitation (ChIP) experiments confirmed Sox9, Ets1, and cMyb proteins as transcriptional inputs for endogenous Sox10 gene expression. Similarly, two enhancers, NC1 and NC2, located 20 and 44 kb upstream of the NC specifier FoxD3 have been shown to control FoxD3 gene expression in the avian embryo (Simões-Costa et al., 2012). NC1 (but not NC2) was found to be active in the premigratory cNC, but its activity diminished during migration and no activity could be detected caudal to rhombomere 3. Knockdown of upstream factors such as Pax7, Msx1, Ets1, and Zic1 confirmed their participation in the FoxD3 module underlying gene regulation between trunk and cNC—Ets1 demonstrated cranial-specific control of NC1, Zic1 controlled vagal- and trunk-specific activity of NC2, while Pax7 and Msx1 inputs where shared between NC1 and NC2. Altogether, these case studies presented clear evidence for the role of enhancers in maintaining spatiotemporal expression of developmentally-regulated cNC genes. They spearheaded higher throughput genome-wide characterization of the global cNC landscape using approaches such as ChIP-seq (Barski et al., 2007) and ATAC-seq (Buenrostro et al., 2013) to profile large cohorts of NC enhancers both in the embryo and in vitro.

It has been shown that developmental enhancers display specific histone signatures, such as H3K27ac and H3K4me1, indicative of their active vs. poised chromatin states (Creyghton et al., 2010). Furthermore, several studies have demonstrated that chromatin remodelers and their associated histone marks are regulated during NC development (reviewed by Strobl-Mazzulla et al., 2012). Large-scale epigenomic mapping using p300, H3K27Ac, H3K4me1, and H3K4me3 enrichment profiles successfully facilitated the identification of enhancer elements in human cNC cell culture, uncovering the association of a key NC specifier, TFAP2A, with permissive chromatin landscape at putative NC enhancers (Rada-Iglesias et al., 2012). This coupling between epigenetic modulation of enhancers and function was further strengthened by studies in mouse embryonic stem cells (mESC) elucidating the mechanism by which another NC specifier, FOXD3, acted to decommission enhancers via recruitment of specific chromatin remodelers (Krishnakumar et al., 2016; Respuela et al., 2016). In vivo, epigenome profiling of subpopulations of mouse cNC cells exposed the differences in chromatin signature reflective of their positional identity (Minoux et al., 2017).



3. MULTIOMICS AND REBUILDING THE CNC-GRN

The cNC-GRN has benefited from the substantial body of in vivo data, occasionally complemented by in vitro studies, from numerous labs over the past few decades. Pre-omics, a glaring knowledge gap persisted as experimental limitations lacked detail on the extent of the inter-connectivity between gene modules. Taking full advantage of the multiomics revolution and the demonstration of its utility in proof-of-principle characterization of early human embryos (Li et al., 2018), a multiomics approach was employed in multiple model organisms to re-examine the cNC-GRN. These studies sought to parse substantial biological information obtained from multiple levels: the NC genome (regions of open chromatin), transcriptome (RNA transcripts, including nascent transcripts), epigenome (chromatin modifications, chromatin-looping), and interactome (protein-DNA or protein-protein interactions) into workable hypotheses to test novel mechanisms, gene modules and players (Figure 1). For instance, omics interrogation of chromatin accessibility and looping during cNC development, in combination with transcriptional dynamics analyzed at both population and single-cell level in chick revealed a rich tapestry of gene modules. This not only provided insight into subcircuits underlying cNC heterogeneity (with identification of some novel inputs) but also enabled reverse engineering of gene regulatory circuits for every gene expressed, thus facilitating reconstruction of the global NC-GRN with unrivaled resolution (Williams et al., 2019). Combined with gold standard molecular techniques in the embryo such as enhancer screens and knockout experiments (Hockman et al., 2019; Ling and Sauka-Spengler, 2019; Williams et al., 2019), the collective result yielded as powerful resources with the potential to not only recapitulate previous work but also significantly expand on them. Ultimately, these studies accelerate progress for the myriad of biological questions-of-interest within the NC research community with far-reaching implications in biology, evolution, health and disease. Here, we briefly highlight recent findings in cNC-GRN biology resulting from multiomics.


[image: Figure 1]
FIGURE 1. A multiomics approach for construction of the cranial neural crest gene regulatory network (cNC-GRN). CNCCs from in vivo non-human embryo models and human pluripotent stem cell differentiation in vitro model were subjected to multiomics interrogation for global-level information. Interactome analyses resolve TF interactions to the genome (TF-ChIP-seq, TF CUT&RUN), other TFs (TF-TF-μMassSpec), or CRs (TF-CR-μMassSpec). Epigenome analyses reveal enhancers and promoters defined by regions of accessible chromatin (ATAC-seq) and/or specific histone modifications (Histone-ChIP-seq, Histone CUT&RUN). CUT&RUN is an alternative method to ChIP-seq that has its utility demonstrated in the chick embryo NC (Skene and Henikoff, 2017; Rothstein and Simoes-Costa, 2020). Direct epigenomic relationships between promoters and enhancers are obtained by profiling their physical proximity (Chromatin capture). Transcriptome analysis provides snapshot of expressed genes. Parsing of all the datasets results in substantial number of gene modules to elaborate on the cNC-GRN, especially if coupled with single cell technologies for subpopulation resolution. CNCC, cranial neural crest cell; TF, transcription factor; CR, chromatin remodeler; μMassSpec, micro mass spectrophotometry.



3.1. Molecular Mechanism of cNC Pioneer Factors

FOXD3 transcription factor is an important player in the NC-GRN (Lister et al., 2006; Montero-Balaguer et al., 2006; Stewart et al., 2006; Wang et al., 2011c) with evidence in embryonic stem cells documenting its possible cellular function as both a repressor and activator (Pohl and Knöchel, 2001; Yaklichkin et al., 2007; Krishnakumar et al., 2016; Respuela et al., 2016). A transgenic zebrafish line where the foxd3 locus has been disrupted with a Citrine or mCherry fluorophore (Hochgreb-Hägele and Bronner, 2013) was used to characterize FoxD3 bimodal properties within its native context in a developing embryo. By performing genetic crosses between foxd3-mCherry and foxd3-Citrine heterozygote parents, foxd3-Citrine heterozygote and foxd3-mCherry/Citrine homozygote knockout NC cells were isolated by FACS for downstream multiomics analysis. Using a combination of RNA-seq, ATAC-seq and H3K27ac ChIP-seq, the NC transcriptome and epigenomic landscape were characterized across four embryonic stages key to cNC development within the context of the foxd3-DNA binding landscape (Lukoseviciute et al., 2018). Foxd3 was shown to prime NC gene expression in early pre-migratory cNC by binding to its target enhancers. Conversely, later in cNC development, it represses active enhancers associated with mesenchymal/neuronal genes in line with previous in vitro data (Krishnakumar et al., 2016; Respuela et al., 2016). In short, using multiomics to characterize the foxd3-GRN in vivo across cNC developmental stages revealed the transition between gene modules as foxd3 shifted toward its canonical repressive activity after NC specification. This can be achieved by switching binding partners, a phenomenon that has been observed with another NC pioneer factor TFAP2A as it imposes its function in NC induction and specification modules by dimerising with TFAP2C or TFAP2B, respectively (Rothstein and Simoes-Costa, 2020).



3.2. Vertebrate Evolution

From an evolutionary perspective, NC enhancers are a distinct group of components within the cNC-GRN that are molded under evolutionary pressure leading to species divergence of craniofacial structures (Prescott et al., 2015). Due to their heavy contribution to the patterning of vertebrate craniofacial structures (reviewed in Santagati and Rijli, 2003), the cNC is of particular interest as a key contributor to the evolution of jawed vertebrates (Cerny et al., 2010). This is supported by candidate-based approach evidence in lamprey, a basal vertebrate, highlighting functional interactions between main components of the GRN underlying NC ontogeny (Sauka-Spengler et al., 2007; Nikitina et al., 2008). Genome-wide studies in the lamprey were initially inhibited due to programmed large-scale genome loss during embryonic development (Smith et al., 2009), hampering acquisition of meaningful omics information despite the clear benefit for a more genome-wide approach as demonstrated in the basal chordate amphioxus (Yu et al., 2008). Publication of the lamprey germline genome (Smith et al., 2018) was a significant step forward in this regard and presented renewed opportunities to dissect the lamprey cNC-GRN using multiomics. By examining the transcriptional profiles of dorsal neural tube tissue containing the cNC, modules that were both previously known in other vertebrates and unique to the lamprey were identified (Hockman et al., 2019). Concurrently, another study highlighted the resemblance of lamprey cNC to amniote trunk NC (Martik et al., 2019). Nevertheless, by additionally analyzing ATAC-seq profiles in dorsal neural tube tissue, novel cis-regulatory elements for two lamprey NC-GRN players—Tfap2B and SoxE1 were discovered. Strikingly, the lamprey SoxE1 enhancer was shown to be active in cNC-derived craniofacial features following integration into the zebrafish genome as well as in the amniote model, highlighting the potential for deep conservation of TF/enhancer interaction of NC-GRN enhancers (Hockman et al., 2019).




4. FUTURE DIRECTIONS


4.1. Non-coding RNAs Provide an Additional Facet to the cNC-GRN

RNAs derived from enhancers (enhancer RNAs or eRNAs) emerged following a study describing developmentally-regulated enhancers in mouse cortical neurons (Kim et al., 2010). Further studies demonstrated the sensitivity of eRNA induction as a hallmark of cellular response to biological stimuli (Wang et al., 2011a; Lam et al., 2013; Li et al., 2013), and suggested that eRNA transcription can be correlated to regulation of chromatin looping (Melo et al., 2013; Hsieh et al., 2014). While these in vitro studies painted an early picture of eRNA expression and their potential function in regulating enhancer-mediated gene expression, mechanistic details surrounding these observations remained elusive. Later studies attempted to address this conundrum by focusing on eRNA crosstalk with the chromatin landscape (Kaikkonen et al., 2013; Mousavi et al., 2013), eRNA potential function as molecular partners during gene regulation (Schaukowitch et al., 2014; Sigova et al., 2015), as well as attempted to distinguish between functionality of eRNA transcription or their RNA transcripts (Paralkar et al., 2016). Several recent studies have further shed light on eRNA transcription as a global indicator of activated gene expression programmes. Interrogation of the nuclear transcriptome of migrating cNC cells in zebrafish embryos detected bidirectional transcription at a global scale. This “feature” enabled clustering of putative enhancers that were also functionally associated with known NC genes (Trinh et al., 2017), in line with a previous report that suggested eRNA profiles were more indicative of enhancer activity compared to H3K27Ac ChIP-seq profiles (Zhu et al., 2013). A study by the FANTOM consortium further showed that genome-wide eRNA transcription appeared to be temporally regulated, often preceding transcription of associated protein-coding genes (Arner et al., 2015). In short, regardless of the biological function of eRNAs during development, their phenomenon in itself is able to highlight active regions of the non-coding genome. Therefore, characterization of eRNA transcriptomes has strong potential to inform on genome regulation mechanisms underlying the cNC-GRN.

Another class of under-explored non-coding RNA in development are long non-coding RNAs (lncRNAs). Landmark findings describing lncRNAs in the HOX locus, HOTAIR and HOTTIP, served as important case studies of modern lncRNA biology (Rinn et al., 2007; Tsai et al., 2010; Wang et al., 2011b). HOTAIR silenced gene expression at promoter regions of the HOXD locus by interacting with the chromatin remodeler Polycomb Repressive Complex 2 (PRC2) to facilitate H3K4 demethylation. Similar to the molecular mechanism of HOTAIR, HOTTIP from the HOXA locus was shown to recruit WDR5/MLL complexes and drive H3K4 trimethylation to activate gene transcription. Hence, coupling between lncRNA function and epigenetic regulation serves as a useful framework to address the roles of lncRNAs in GRNs underlying developmental programmes. It is also important to note that lncRNAs are not a completely novel discovery, as their presence at loci of imprinted genes were reported in the past. More recently, mechanisms of these “classical” lncRNAs were studied in detail. The “lncRNA-mediated chromatin regulation” model presented by HOTAIR and HOTTIP were echoed in studies involving Airn, H19, and Xist (Engreitz et al., 2013; Monnier et al., 2013; Santoro et al., 2013). Last but not least, RNA species from another class of non-coding RNA—microRNAs (miRNAs)—were also found to play roles in NC development with several candidates identified thus far (reviewed in Weiner, 2018). LncRNA and miRNA activities are not mutually exclusive and crosstalk between the two classes have been documented (Zheng et al., 2014; Tan et al., 2015). Altogether, the contribution of the non-coding genome serves as another exciting facet to development and evolution of the cNC-GRN—an uncharted territory ripe for exploration in the multiomics era.



4.2. Compartmentalizing NC Molecular Identity

Genome-wide profiling of polyadenylated transcripts from whole cell lysates provides a comprehensive snapshot of NC-GRN players being expressed at developmental stages-of-interest. Profiling polyadenylated transcripts alone, however, directly excludes non-polyadenylated RNAs enriched in the nucleus which form a large proportion of non-coding RNAs from intergenic regions (Carninci et al., 2005). This limitation can be addressed by subcellular profiling and rRNA-depletion during the construction of sequencing libraries. Isolating polysomes using recently-developed TRAP method (Heiman et al., 2014) and their associated mRNAs in the zebrafish migratory NC at 16–18 ss informed us of both known and novel NC markers forming the translatome at this developmental window (Chong, 2017). Enrichment of elavl3 suggested that at least a subset of these cells (i.e., actively migrating cNC and premigratory trunk NC) were actively differentiating into their neuronal derivatives. On the other hand, by isolating nuclei transcriptomes at the same developmental stage, we demonstrated that functional annotation of transcribed enhancers (eRNAs) and promoters reflected the molecular signature of migratory NC cells and derivatives (Trinh et al., 2017); however the corresponding genes were not being translated as yet. Thus, similar to chromatin accessibility profiles which pre-defined cellular identities of cranial and vagal NC prior to associated gene expression (Ling and Sauka-Spengler, 2019; Williams et al., 2019), eRNA profiles also preceded coding gene transcription, thus reflecting future steps in NC ontogeny. Taken together, the translatome data provides a clearer picture without the “noise” from cytoplasmic or nuclear transcripts and suggested that at a given time-point, specification and/or differentiation of neuronal derivatives seem to dominate over ectodermal, mesodermal, and neuroepithelial derivatives (depleted in the translatome). These findings also highlight the utility of technologies to genetically attain subcellular resolution using in vivo biotinylation (de Boer et al., 2003; Deal and Henikoff, 2010; Trinh et al., 2018) with sufficient clarity to elucidate the role of non-coding RNAs in the cNC-GRN (Figure 2).


[image: Figure 2]
FIGURE 2. Subcellular profiling increases resolution of the non-coding landscape. The transcriptome consists of a mixed population of protein-coding and non-coding RNAs, including but not limited to enhancer RNAs (eRNAs), long non-coding RNAs (lncRNAs) and microRNAs (miRNAs). Previous transcriptomic studies on populations of neural crest (NC) cells focused on polyadenylated mRNAs constituting mostly of protein-coding mRNAs. NC-specific subcellular profiling achieved by in vivo biotinylation of nuclei and ribosomes (i.e., polysomes) enables enrichment of RNA species subtypes already present in the whole cell transcriptome. The nuclear transcriptome provided higher definition of non-coding RNAs while the polysomal translatome minimized the “noise” of non-coding RNAs to inform on proteins being made (suggestive of dominant biological processes occurring at that stage). In depth exploration of non-coding RNAs' putative roles within the context of the cNC-GRN is currently underexplored but well-suited to the advantages provided by multiomics.


The contrast between the two pictures painted from nuclei and polysomes of NC cells at the same developmental stage raised important questions relating to our interpretation of how development proceeds at the cellular level. Traditionally, cellular identity has perhaps been defined over-simplistically via the expression of all protein markers in a GRN. We are now in the position to expand this definition by not only taking into account what protein(s) and where within the organism these players are involved, but also what non-coding element(s) are responsible for gene activation and where within a cell these new players are exerting their functions. Integrating this information is a next complex task on the agenda and is non-trivial given that NC cells transition from being a stem cell-like population to many subpopulations committed to different, not necessarily binary fates. It is therefore crucial to perform and integrate multiplex genetic lineage tracing analyses into this picture, interpret multiomics data at single cell and with subcellular resolution, as well as develop new, non-biased functional genomics integration tools based on artificial intelligence and deep learning approaches.




5. DISCUSSION

Embryology has progressed in leaps and bounds leading to the modern incarnation of developmental biology as we know it today. From embryological techniques to advances in genome biology, our understanding of animal development has reached impressive heights. Here, at the forefront of modern developmental genetics and genomics, we propose using a combination of “traditional” and “modern” methods to deepen our understanding of genetic programmes underlying cNC development encoded within the genome.

The cNC is a multipotent population of cells key to vertebrate evolution. It is a versatile system for interrogation, as the genetic machinery underlying its biology reiterates throughout development and disease. This well-oiled system is also sensitive to fine-tuned regulation; disrupt a cog and development fails to proceed normally leading to neurocristopathies that account for roughly 1/3 of all birth defects. In order to discover ways to prevent or treat them, we first need to fully understand what the baseline scenarios are, at the level of genes within the context of a highly dynamic genome.

Tackling the non-coding genome has also uncovered non-coding RNA molecules that form part of the genetic regulation underlying cellular function. Previous work by many research groups has highlighted lncRNAs as molecular scaffolds that shuttle proteins to their target regions to regulate gene expression. eRNAs not only serve as “indicators” of when gene transcription onsets, but also have been proposed to facilitate chromosome-looping between enhancers and the promoters they regulate. Coupled with advances in gene editing including CRISPR/Cas, we are now in the position to design experiments with flexibility, efficiency and precision, from genome-wide screens of non-coding elements (Liu et al., 2016; Sanjana et al., 2016; Zhu et al., 2016) to in vivo decommissioning of NC enhancers for functional investigation (Williams et al., 2019).

In conclusion, we hope to not only propose fresh perspectives and potential avenues of investigation into the cNC-GRN but also challenge the reader to revisit how we study developmental biology as a whole. We are now ushering a new generation of scientists willing to embrace the exponential growth of molecular and computational tools at their disposal—the future is bright.
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More detailed expression patterns for factors can be found in: (Kawasaki et al., 2015; Watanabe et al., 2016; Ishikawa et al., 2018). Epithelial (Epi), Mesenchymal (Mes),
Muscle (Mus), Not expressed (n.e).
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Antibody Dilution SOURCE IDENTIFIER

Mouse monoclonal

ant-COH11 1250
(CDH11/Cadherin-  1HC/1:10,000 w8 ™rogen i
08B lgGt

Rabbit polycional

anti-CDH11 1200 CollSignaling 40
(CDH11/0B IHC/1:10,000WB  Technologies

Cadherin) IgG

Mouse an-Pax” s - .
1gG1

Mouse anti-HNK1 - - -

IgM

Mouse antr.CoH 1:500 BD Biosclences 610181
1gG2a

:;‘be" L 1250 Abcam ab97959
Rabbit anti-SOX9 1:500 EMDMilipore  ab6535
Rabbit anti-SLUG Cell Signaling

(SNAR) 1250 Technology 95859
o sang 1500 Proteintech 66786-1-lg
1gG2a

Rabbit anti

Phospho histone 1:500 Abcam ab5176
H3

Mouse anti-p53 1:250 Millpore cBL404
Fabbi anti Active 1500 Rand D Systems  AF835

Caspase-3
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