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Editorial on the Research Topic
 Microbial Utilization and Transformation of Dissolved Organic Matter in Aquatic Environments–From Streams to the Deep Ocean



Dissolved organic matter (DOM) is the major pool of organic carbon in marine and freshwaters, and the link between detrital organic matter and microorganisms represents one of the largest fluxes in aquatic carbon cycling (Cole, 1999). In order to comprehend aquatic carbon cycling, it is central to understand which factors regulate microbial utilization and transformation of DOM. Evidence suggests that microbial utilization of DOM is influenced by the bacterial community structure but also by the source and composition of DOM (Berggren et al., 2010; Koehler et al., 2012; D'Andrilli et al., 2019). Yet, despite a wide interest in assessing the regulating factors of DOM bioavailability, it is still to a large extent unknown what mechanisms control the ability of microorganisms to utilize DOM and how this changes in different aquatic environments.

Over the last years, methods have been developed for characterizing DOM based on both optical properties (absorbance and fluorescence) (Fellman et al., 2010; Murphy et al., 2013) and high-resolution mass spectrometry (Koch et al., 2007). In addition, advances in next generation sequencing technologies make it possible to reveal both compositional and functional information about microbial communities in an unprecedented manner (Caporaso et al., 2012). Finally, the growing body of literature on the various facets of microbial communities' functioning and DOM cycling has led to a critical mass of published data available for cross-system syntheses. Together, these developments open up possibilities to link microbial communities with the transformation of specific carbon compounds. Although several recent studies have already shown that specific taxa are associated with particular groups of carbon compounds (Covert and Moran, 2001; Foreman and Covert, 2003; Amaral et al., 2016; Logue et al., 2016; Balmonte et al., 2019; Broman et al., 2019), few studies have included functional measurements showing the link to ecosystem process rates. The 15 studies included in this e-book published in Frontiers in Microbiology tackle this knowledge gap. They can be grouped in to three main focuses, which we have defined as (1) “Variability of DOM composition and transformations in time and space,” (2) “Transformation of DOM in relation to composition of the DOM pool and/or microbial community,” and (3) “Factors controlling DOM processing and its link to ecosystem processes.”

The first two studies in the category “Variability of DOM composition and transformations in time and space” characterize humic-like DOM based on optical properties. Omori et al. focused on fluorescent DOM (FDOM) in surface water whereas Shigemitsu et al. determined full depth vertical profiles of fluorescent organic matter (FOM) along two meridional transects in the Indian Ocean. Both studies find a linear relationship between FDOM/FOM and oxygen concentration, indicating that FDOM/FOM is produced as the by-products of microbial respiration. In addition, Omori et al. demonstrated diurnal variations in the fluorescence intensities of FDOM due to bacterial production and photobleaching. Furthermore, Shigemitsu et al. concluded that FOM is a possible sink for reduced carbon, estimating the turnover time in the dark Indian Ocean to be 410 ± 19 years.

The two other manuscripts in this category focus on spatial variation in carbon and dissolved organic phosphorus utilization, respectively. Sala et al. explored the utilization of 95 carbon sources by pelagic prokaryotic communities from surface to bathypelagic waters at 111 stations across the tropical and subtropical Atlantic, Indian, and Pacific oceans. The relative use of the individual substrates was remarkably consistent across oceanic regions and layers, and only the equatorial Pacific showed a different metabolic structure. Yamaguchi et al. determined the concentrations of P-esters and compared them to the hydrolysis rates of mono and diesters in the epipelagic North Pacific. P-diester concentrations were generally lower than monoester. Labile diesters and diesterase activities were generally independent of microbial P stress, whereas a tighter link was found between labile monoesters and P stress by large microbes. The studies in this category represent some of the first examples of spatial and temporal patterns of DOM composition and transformations, and therefore an important contribution toward linking microbial communities with DOM utilization.

The manuscripts focusing on “Transformation of DOM in relation to composition of the DOM pool and/or microbial community” are very diverse. The first three studies investigated the microbial response to addition of carbon substrates. Goto et al. found that the production efficiency of bacterial DOM from glucose varied (4–20%) among three marine strains (Alteromonas macleodii, Vibrio splendidus, and Phaeobacter gallaeciensis). In addition, four processes for the production of bacterially-derived recalcitrant humic-like FDOM were indicated. Liu et al. linked DOM compounds to specific prokaryotic lineages using DNA-stable isotope probing (SIP) experiments with 13C-labeled substrates of varying lability. They found that copiotrophs were dominating 13C incorporation in the amino acid treatment, and oligotrophs in the more refractory SPE-DOM treatments. Similarly, Pontiller et al. found, in DOM regrowth experiments, that compound class (e.g., carbohydrates, proteins, or nucleic acids) and condensation state were related to bacterial community composition and functional responses. These findings expand results from previous studies by highlighting the specific genes presumably responsible for the processing of specific pools of DOM.

The other manuscripts within this category focus on the link between bacterial community and quality and composition of DOM. Stephens et al. studied dynamics in OM bioavailability at Ocean Station Papa in the North Pacific and its relation to prokaryotic growth efficiency and taxonomy. They found that removal rates of C were higher under more labile DOM composition conditions, and that the prokaryotic taxa utilizing and modifying the DOM composition differed depending on the DOM bioavailability. Varela et al. showed a dynamic interplay between the size of DOM and microbial community structure. Rare prokaryotes from North Atlantic mesopelagic water (e.g., Alteromonadales) preferentially utilized high molecular weight-DOM components, while members of the Rhodobacterales and Flavobacteriales preferentially utilized components of low molecular weight-DOM. Manna et al. provided resident microbial communities organic matter generated from native microplankton to mimic the particle export that may derive from phytoplankton blooms. They found that several rare members became dominant in response to the addition of phytodetritus, and that the characteristic of the organic matter sources caused a specific response in prokaryotic community composition and organic matter utilization. In another incubation experiment, Tinta et al. simulated a scenario of the decay of a bloom of the cosmopolitan Aurelia aurita s.l… Sinking jellyfish detrital organic matter (jelly-OM) becomes a significant source of OM for marine microorganisms after jellyfish blooms, and it was estimated that half of the jelly-OM pool is degraded and incorporated into biomass by opportunistic bacteria (Pseudoalteromonas, Alteromonas, and Vibrio). Hofmann et al. performed long-term (171d) experiments using sediment flow-through microcosms where microbial communities received DOM of different concentrations and compositions. They found that molecularly more diverse DOM caused a higher microbial diversity whereas higher DOM availability resulted in lower carbon use efficiency of aquifer microbial community. In contrast, Kadjeski et al. did not find an effect of DOM source when investigating temporal changes in biodegradability/productivity of DOM in agricultural and forested streams in southern Ontario, Canada. Based on incubation experiments they found that biodegradability and productivity of DOM were the same in both streams and synchronous throughout the sampling period, even though a more allochthonous-like DOM signature and a more autochthonous-like DOM signature dominated in the forested and agricultural streams, respectively. In summary the manuscripts from this category show that the utilization and bioavailability of DOM should be seen as an interaction between the chemical composition of DOM and the metabolic capacity of the microbial community.

In the last category “Factors controlling DOM processing and its link to ecosystem processes,” Allesson et al. combined gradient lake surveys with laboratory experiments to show that the DOC concentration regulates the overall respiratory output of CO2 while additions of P and increased temperature change the dynamics between respiration and growth. While total CO2 production seemed to be unaffected by P additions, respiration rates and growth yields suggested increased bacterial growth and decreased cell-specific respiration under non-limited P conditions.

Finally, the perspective article by Baltar et al. provides an updated description of refractory DOC (rDOC) addressing the problem of various definitions and approaches currently used to characterize rDOC. Based on previous evidence, they conclude that the persistence of rDOC is mostly a function of molecular properties, molecular concentrations, and ecosystem properties. By deepening the connection between DOM and microbes, from the individual compounds to an ecosystem scale, this perspective provides a stimulating conclusion to the Research Topic.

We hope that this collection of articles will stimulate further discussions. Although many challenges and questions remain to be addressed, the articles published in this e-book represent a significant advance in our understanding of microbial utilization and transformation of DOM in aquatic environments, especially considering the link between DOM and microbial community composition. However, there is still limited data and studies on ecosystem process rates. We therefore suggest that future research should include functional measurements based on either omics or measurements of process rates (e.g., bacterial production, enzyme activity, or bacterial respiration), ideally combined with DOM characterization.
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Prokaryotes play a fundamental role in decomposing organic matter in the ocean, but little is known about how microbial metabolic capabilities vary at the global ocean scale and what are the drivers causing this variation. We aimed at obtaining the first global exploration of the functional capabilities of prokaryotes in the ocean, with emphasis on the under-sampled meso- and bathypelagic layers. We explored the potential utilization of 95 carbon sources with Biolog GN2 plates® in 441 prokaryotic communities sampled from surface to bathypelagic waters (down to 4,000 m) at 111 stations distributed across the tropical and subtropical Atlantic, Indian, and Pacific oceans. The resulting metabolic profiles were compared with biological and physico-chemical properties such as fluorescent dissolved organic matter (DOM) or temperature. The relative use of the individual substrates was remarkably consistent across oceanic regions and layers, and only the Equatorial Pacific Ocean showed a different metabolic structure. When grouping substrates by categories, we observed some vertical variations, such as an increased relative utilization of polymers in bathypelagic layers or a higher relative use of P-compounds or amino acids in the surface ocean. The increased relative use of polymers with depth, together with the increases in humic DOM, suggest that deep ocean communities have the capability to process complex DOM. Overall, the main identified driver of the metabolic structure of ocean prokaryotic communities was temperature. Our results represent the first global depiction of the potential use of a variety of carbon sources by prokaryotic communities across the tropical and the subtropical ocean and show that acetic acid clearly emerges as one of the most widely potentially used carbon sources in the ocean.

Keywords: bathypelagic, Biolog, functional profiles, global ocean, marine prokaryotic communities, acetic acid, bacterioplankton


INTRODUCTION

Marine heterotrophic prokaryotes are responsible for most of the assimilation and the transformation of dissolved organic matter (DOM) in the ocean. Their activity facilitates the transformation from DOM to particulate organic matter (Azam et al., 1983) or the remineralization of DOM to its inorganic constituents (Ducklow et al., 1986). DOM is a large, complex pool, including thousands of compounds (Dittmar and Paeng, 2009; Arrieta et al., 2015) varying greatly in their reactivity and capability to support prokaryotic growth and metabolism. In the open ocean, the availability and the chemical structure of most DOM depends on biogeochemical processes such as phytoplankton production, grazing, viral lysis, and nutrient availability among other factors (Nagata, 2000). Its effective consumption by prokaryotes will depend on the metabolic potential of the community members as well as on the environmental variables that modulate prokaryotic activity and physiology. Despite the relevance of prokaryotic DOM utilization in controlling the nature and the fate of carbon in the global ocean, we still know very little about how the use of different carbon sources varies along environmental gradients or over large spatial scales.

Although the composition of marine prokaryotic communities has been explored in recent years at the global ocean scale (Pommier et al., 2007; Ladau et al., 2013; Sunagawa et al., 2015; Salazar et al., 2016; Mestre et al., 2018), linking taxonomy with community functionality has become an elusive goal. Whereas some studies reported changes in function to be associated to shifts in the prokaryotic assemblage taxonomic composition (Langenheder et al., 2005; Teske et al., 2011), others have shown largely uncoupled patterns at various spatial scales (Comte and del Giorgio, 2010; Lear et al., 2014; Ruiz-González et al., 2015). Since the uptake of various DOM components differs among various groups of marine prokaryotes (Martinez et al., 1996; Cottrell and Kirchman, 2000; Ruiz-González et al., 2012; Sarmento et al., 2013), it is not straightforward to infer the utilization of different carbon sources from community composition or even genomic composition.

The quality of DOM has been shown to affect prokaryotic growth (e.g., Sarmento et al., 2013). However, less is known on the influence of DOM quality on the metabolic capabilities of microbial communities beyond bulk community properties such as prokaryotic heterotrophic production or respiration. Fluorescent dissolved organic matter (FDOM) emerged as a main factor in shaping the spatial structuring of the functional capacities of hundreds of freshwater prokaryotic communities, whereas it did not explain the observed variation in taxonomic composition (Ruiz-González et al., 2015). Several studies have shown that both DOM bioavailability and their composition vary only slightly across different aquatic systems (Søndergaard et al., 1995; Zark and Dittmar, 2018) and between coastal and open ocean ecosystems (Seidel et al., 2015). In the global ocean, results of the Malaspina-2010 Expedition showed also weak differences in FDOM, often used as a proxy for some DOM compound classes, as well as in phytoplankton composition across the epipelagic ocean (Catalá et al., 2016; Estrada et al., 2016). In contrast, differences in FDOM between the epipelagic and the bathypelagic ocean during the Malaspina Expedition (Catalá et al., 2015, 2016) suggest that the patterns of substrate use may change with depth due to the vertical variations in the quality of DOM. Thus, the exploration of the factors that shape the biogeography of the metabolic potential of natural microbial communities may unveil relevant drivers that are not apparent from the study of their taxonomic composition or DOM quality. Moreover, a functional profiling of prokaryotic substrate use capability may help identify key substrates that can be universally used by prokaryotic communities.

Assessing the use of organic matter compounds by natural prokaryotic communities has proven to be challenging. Current approaches include the use of labeled (radioisotope or fluorogenic) substrates (e.g., Hoppe, 1983; Sala and Güde, 1999; Arnosti, 2011) or approaches using changes in DOM profiles, such as those resolved through Fourier-transform ion cyclotron resonance mass spectrometry during incubations (Dittmar et al., 2008). However, the use of labeled substrates is limited to a few, generally up to 10, compounds (e.g., Sala et al., 2010). Other approaches using DOM profiling remain semi-quantitative and also fail to resolve the low molecular weight compounds (Nebbioso and Piccolo, 2013), which can comprise a significant fraction of the DOM pool. Alternative avenues, using metagenomic or transcriptomic approaches (e.g., Rivers et al., 2013), are promising. However, they are complex, time-expensive, and limited by the fact that gene expression does not necessarily translate into substrate use (Rocca et al., 2015). In addition, the functional annotation of genes does not yet allow a comprehensive understanding of the potential substrate use and associated transformations.

Although originally designed to quickly identify prokaryotic isolates in clinical pathology (Armon et al., 1990), Biolog microplatesTM were soon applied for the rapid screening of organic substrate use in natural microbial communities including freshwater, soils, and the rhizosphere (Garland and Mills, 1991). The Biolog methods are based on microplates seeded with different putative organic substrates and an indicator that shifts absorbance when the substrate is used (i.e., a tetrazolium salt that is reduced to formazan). These microplates are commercially available with up to 95 different substrates and blanks and are affordable and easy to operate, thereby allowing for a high-throughput assessment of substrate use. The technique is a culture-dependent method that requires relatively long incubations to achieve sufficient biomass that could be detectable (Konopka et al., 1998). However, it has been shown to be useful to characterize differences in functional diversity among microbial communities through their capability to use a range of sole carbon sources (Garland and Mills, 1991; Preston-Mafham et al., 2002).

Most previous studies with Biolog microplates dealt with soil (Zak et al., 1994; Wunsche et al., 1995) or freshwater (Grover and Chrzanowski, 2000; Comte and del Giorgio, 2010; Lear et al., 2014) microbial communities, but their use to profile the metabolic potential of marine prokaryotic communities remains poorly explored (Supplementary Table S1). Specifically, microplate-based studies on the substrate use capability of marine prokaryotic pelagic communities have been restricted to the epipelagic layer of coastal waters (Sala et al., 2005a, 2006; They et al., 2013; Boras et al., 2015), polar marine ecosystems (Tam et al., 2003; Sala et al., 2005b, 2008, 2010; Fernández-Gómez et al., 2014), and the microlayer of coastal and offshore ecosystems (Wurl et al., 2016). So far, there is no study exploring the variations of the prokaryotic metabolic profiles of communities at the global ocean scale and specifically in the deep ocean.

We here characterize the global patterns of organic substrate utilization by pelagic prokaryotes across 441 communities sampled from the surface to the bathypelagic waters of the Atlantic, Indian, and Pacific tropical or subtropical oceans. Water samples were collected during the Malaspina-2010 Circumnavigation Expedition (Duarte, 2015), and the metabolic profiles of the studied communities were determined by their capability to use a range of sole carbon sources based on Biolog GN2 microplates. The global spatial and vertical variations in these profiles were related to changes in geographical or environmental variables to provide the first comprehensive metabolic characterization of the tropical and the subtropical oceanic microbiome at the global scale. We hypothesize that, based mainly on the patterns of FDOM and prokaryotic community composition during the Malaspina-2010 cruise (Catalá et al., 2016; Salazar et al., 2016; Ruiz-González et al., 2019), the use of different carbon substrates will vary weakly among oceans while showing pronounced changes with depth.



MATERIALS AND METHODS


Sampling

A total of 441 water samples were collected during the Malaspina-2010 Expedition to analyze the microbial utilization of carbon sources. The samples were obtained from 111 different stations distributed across the tropical and the subtropical oceans (Figure 1). Each station was sampled between 3 and 4,000 m, with a higher sampling intensity in the upper 1,000 m. The number of depths sampled per station ranged from one to eight. Surface (3 m) samples were collected with a 30-L Niskin bottle, and deeper samples were collected using a rosette fitted with 24 12-L Niskin bottles operated from a Seabird Rosette sampling system. Temperature and salinity were measured with a calibrated SeaBird 9/11-plus CTD. Samples for quantification of chlorophyll a and DOC concentration, FDOM intensity, prokaryotic and viral abundances, and prokaryotic heterotrophic production were also collected from each sampled depth (see Supplementary Methods). The mean values of the main parameters in the different layers [surface (3 m), the deep chlorophyll maximum (DCM, which ranged from 19 to 150 m), mesopelagic (sampled between 270 and 980 m), and bathypelagic (1,000–4,000 m)] are presented in Supplementary Table S2.
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FIGURE 1. Map showing the sampling stations across the tropical and the subtropical ocean, indicating the different oceanic regions (Ocean Data View; Schlitzer, 2013). Dates and start and end locations, stations, and regions covered during each leg are provided in the table below. Region delimitation as in Pernice et al. (2015).




Functional Profiles

The functional diversity of the studied prokaryotic assemblages was assessed with GN2 Biolog plates (Preston-Mafham et al., 2002). The choice of GN2 plates was based on the higher number of carbon sources present in the microplate (95) as compared to the most commonly used ECOplates. This allowed the exploration of a higher diversity of organic carbon in the previously unexplored oceans and especially in the bathypelagic layers.

Each of the 96 wells of a Biolog GN2 microplate contains a carbon source together with tetrazolium violet to indicate substrate oxidation. The list of substrates and categories is provided in Supplementary Table S3. After addition of 150 μl of sample in each well, the plates were incubated in the dark for 6 to 34 days (median incubation time, 20 days) at in situ temperature, and absorbance was regularly measured at 590-nm wavelength with a spectrophotometric microplate reader (ELX800 BIOTEK Instruments, Inc., Winooski, VT, United States). When a plateau of total absorbance of the plate (sum of all absorbances) was achieved, such measurement was retained for statistical analysis. The absorbance of the blanks (wells containing only water) was subtracted from the absorbance of each well, i.e., from each substrate. The absorbance of each substrate was standardized to the total absorbance of the plate and the data were reported as a percent of total absorbance of the plate (to avoid the effects of the different concentrations of prokaryotes in the inoculum, i.e., % absorbance of total color of the plate, and is referred to as relative use of each substrate hereafter). Further methodological details can be found in Sala et al. (2005a). The differences in incubation time due to differences in the time required to reach the maximum absorbance did not affect the results (Supplementary Figure S1). The prevalence of substrate use was defined as the number of samples in which the use of that substrate was detected (i.e., absorbance higher than the control).

For some analyses, such as the exploration of substrate utilization patterns by depth and ocean or in relation to environmental parameters, the substrates were grouped into functional categories, i.e., amino acids, carbohydrates, carboxylic acids, amines/amides, polymers, P-compounds, and miscellaneous (Supplementary Table S3). However, for the sake of a better representation of the results of the depth profiles, carbohydrates and carboxylic acids were further subdivided into two categories according to their high use (HU), which includes the 10 most used substrates within these categories, or low use (LU), which includes the rest of the substrates (Supplementary Table S4).

The diversity of single-source substrate use, which provides a metric of functional diversity for the communities tested, was calculated through the Shannon diversity index, H, as:
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where pi is the fraction of the total absorbance contributed by a carbon source i, and the summation compiles the product of pi and ln pi for all 95 organic substrates tested.



Statistical Analyses

The functional structure of all the studied communities was summarized by means of a principal component analysis (PCA) based on the correlation matrix of the percentage use of the 95 substrates. The envfit function (Vegan R package) was used to fit onto the ordination space the environmental predictors that best explained the distribution of the communities.

To avoid giving higher weight to the depths sampled with higher resolution in the vertical profiles, the depth patterns of relative use of each substrate in the upper 1,000 m were described by fitting a spline through the data. The fitted data were then averaged across substrates to characterize the depth patterns for categories of substrates. Splines were also used to describe the relation between temperature and substrates used after grouping the samples within 1°C temperature bins.

All statistical analyses were performed using the software JMP v.13 (SAS Institute), R 3.0.0. (R Core Team, 2017), and Statistica v. 8.0.



RESULTS AND DISCUSSION


Widespread Use of Carbon Sources in the Ocean

On average, each of the 441 studied communities used 72% of the 95 substrates included in the Biolog microplates (median 74, range 5–95%), similar to the range reported for other environments such as soils and other ecosystems using the same approach [see Preston-Mafham et al. (2002) for a review]. All substrates were used by at least 41% (i.e., 181 communities) of the communities tested (N = 441 communities). No significant difference in the number of substrates used nor in the Shannon diversity index of single substrate use (average 3.44 ± 0.12) was found with depth, across ocean regions, or along the measured environmental gradients (ANOVA, P > 0.05).

In general, the patterns of prevalence of the different substrate categories (see Supplementary Table S3 for a list of substrates and categories) across communities paralleled those of relative use, with polymers showing the highest prevalence and relative use and amines and amides showing the lowest prevalence and relative use across the communities tested (Figure 2). Beyond polymers, the highest relative use was found for carbohydrates, amino acids, and carboxylic acids, which are essential components of the organic matter pool in the ocean as inferred from the predicted substrate affinities of expressed transporter proteins (Bergauer et al., 2018).
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FIGURE 2. Prevalence (number of samples in which a given substrate was used) and mean relative use (absorbance of each substrate relative to the total absorbance of the sample) of the 95 substrates individually (a,b) or grouped by category (c,d). The colors indicate different categories (see Supplementary Table S3). Boxplots represent median, first, and third quartiles and 1.5 × interquartile range (whiskers). Points beyond the end of the whiskers are outliers.




Acetate, the Main Carbon Source Used

Remarkably, all communities shared the utilization of one specific carbon source, acetic acid, which accounted for a relative use of, on average (±SE), 5.47 ± 0.27 across communities (i.e., mean of the percentage absorbance contribution to the total absorbance of the plate). This is at least twofold higher than that of the second most used carbon source (Figure 2b).

Although acetate is considered a fermentation product, rapid acetate uptake has been reported in several aquatic ecosystems, including surface oxic marine waters (Ho et al., 2002). Zhuang et al. (2019) recently revealed the high relevance of acetate as a metabolic substrate in the water column of the Gulf of Mexico. Acetate is primarily used as an energy source (evidenced by its high oxidation rates) and shows significant levels of assimilation into biomass, illustrating the potential significance of acetate as a carbon source that supports microbial growth (Zhuang et al., 2019). Indeed acetate addition has been proven to stimulate the growth of marine prokaryotes in enrichment experiments (Gómez-Consarnau et al., 2012). Several mechanisms of potential acetate production have been proposed for the ocean, such as DOC decomposition by photolysis (Mopper et al., 1991), release of algal intracellular pools of acetate by sloppy feeding, or deposition of dry aerosols and precipitation, which are rich in formic and acetic acid (Morikami et al., 1993). These processes are active in the surface ocean, but the high relative use of acetic acid has been found also in deep layers. Bathypelagic communities have been shown to be highly versatile metabolically and able to persist inactive or dormant for long periods during starvation (Sebastián et al., 2018), being able to quickly react to any source of labile or fresh carbon (Sebastián et al., 2019). Therefore, it is not unexpected that some members within the studied bathypelagic microbial communities can quickly use a labile carbon substrate such as acetic acid. In addition, we recently demonstrated that most of the bathypelagic prokaryotic taxa are also detected in surface waters and seem to be transported to deeper waters by being attached to sinking particles (Mestre et al., 2018). Consequently, there are certainly deep prokaryotic taxa that carry the potential to use carbon sources that derive from surface processes.

The ubiquity of potential acetic acid utilization found here (Figure 2a) agrees with our own data obtained in previous oceanographic cruises or experiments in which Biolog-GN2 plates were used. These included communities sampled in the Antarctic Ocean and the Mediterranean Sea as well as several experiments performed in the North Atlantic Ocean (Supplementary Figure S2), supporting that acetic acid is clearly the carbon source with the highest use potential. The comparison with data from other studies using Biolog plates is difficult since acetic acid is only present in GN and GN2 plates, which are no longer commercially available, but it is absent in the most commonly used Ecoplates (Supplementary Table S1). In addition, the only two published marine studies using GN and GN2 plates (Jellett et al., 1996; Wear et al., 2014) did not provide details on the utilization of the individual carbon sources (Supplementary Table S1).

The widespread use of acetic acid agrees with the fact that carboxylic acids are used by a wide variety of bacterial groups, from Flavobacteria to Alphaproteobacteria and even cyanobacteria [see Kujawinski (2011) for a review], all of which are ubiquitous members of marine bacterioplankton. Also, groups like the Alphaproteobacteria SAR11 or Roseobacter contain the genes for ABC transporters of small carboxylic acids such as acetate (Kujawinski, 2011).



Spatial Variability in the Relative Use of Substrates Among Oceanic Regions

The patterns of use of the different substrates were generally similar across oceanic regions since we observed a good linear relationship between the mean relative use of the different regions for most of the 95 substrates (Figure 3A). Likewise, the relative use of the different substrate categories varied little among oceanic regions and with depth, with the exception of a few sites where particularly high or low substrate use was recorded (Figure 4). This lack of major regional differences in relative substrate use is consistent with the weak differences observed in the composition of FDOM (Catalá et al., 2016) and that of the phytoplankton assemblages (Estrada et al., 2016) during the Malaspina Expedition in epipelagic waters. With the exception of some particular stations, bacterioplankton composition was also rather constant across stations in surface waters (Ruiz-González et al., 2019) and in the bathypelagic layers (Salazar et al., 2016), supporting the relatively uniform pattern of functional diversity observed in our dataset.
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FIGURE 3. Pairwise comparisons between the relative use of each substrate averaged by oceanic region (A) or ocean layer (B). The orange line indicates the 1:1 line. The black lines are linear regressions, significant in all cases (p < 0.0001). Layer abbreviations: Surf, surface; DCM, deep chlorophyll maximum; Meso, mesopelagic; Bathy, bathypelagic. The regions are as described in Figure 1.
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FIGURE 4. Relative use of different substrate categories along the entire expedition as visualized with Ocean Data View (Schlitzer, 2013). The different oceanic regions (see Figure 1 for descriptions) are indicated at the top of each graph and are ordered as in the map (Figure 1). Small dots indicate the sampling points. The upper panels show the upper part of the profile until 1,000 m, where higher-resolution profiles were performed, and the lower panels represent the entire profile from the surface until 4,000 m.


The weakest relationships between the relative use of the different substrates from different regions were found when the Equatorial Pacific was compared to the rest of the regions (Equatorial Pacific vs. Equatorial Atlantic R2 = 0.39, vs. North Pacific R2 = 0.27, vs. South Atlantic R2 = 0.20, and vs. North Atlantic R2 = 0.21) (Figure 3A). Regarding the comparison of mean relative substrate use between ocean vertical layers (Figure 3B), we also observed strong significant relationships, suggesting a general consistency in the mean relative use of each substrate at the vertical scale. The lowest relationship was found between the surface and the bathypelagic (R2 = 0.56, Figure 3B), so we examined in detail the carbon sources that were significantly differently used in both layers (Supplementary Figure S3). We observed a significantly higher relative use of polymers in the Equatorial Pacific (in the surface and especially in the bathypelagic layers) than in other regions, with the highest ratio polymer/carbohydrate use both in the surface and in the bathypelagic layers (Supplementary Figure S3). In contrast, acetic acid showed a clearly lower relative use in the Equatorial Pacific than in other regions. Previous studies from the same expedition showed that, although the bathypelagic microbial communities were generally quite homogeneous, those in the Pacific Ocean differed (Salazar et al., 2016) and had the highest viral concentration and activity (Lara et al., 2017), high protistan abundance (Pernice et al., 2015), and a distinct bulk activity profile. Similarly, bacterial communities inhabiting the surface Equatorial Pacific showed a different structure, characterized by high abundances of specific taxa belonging to Oceanospirillales, Sphingomonadales, and picocyanobacteria that were rare across all the other open ocean stations studied (Ruiz-González et al., 2019). The control of the prokaryotic communities in the Equatorial Pacific by temperature and bottom-up sources was the lowest across the oceans sampled (Morán et al., 2017). Our evidence that the Equatorial Pacific Ocean harbors microbial communities that differ in metabolic profiles from those found elsewhere in the subtropical and the tropical ocean agrees with previous results from the same expedition which showed the existence of specific microbial communities in this region (Pernice et al., 2015; Lara et al., 2017; Ruiz-González et al., 2019).



Variability in Relative Substrate Use With Depth

The PCA showed no clear clustering of communities depending on the ocean layer considered (Figure 5A) and there were no clear vertical variations in the number of substrates used per community or in functional diversity (Figures 6G,H). This contrasts with the pronounced decreases in prokaryotic abundance with depth (Figures 6A,B) and, e.g. Aristegui (2009) and the increases in bacterial taxonomic and functional richness toward bathypelagic (Pommier et al., 2010) or mesopelagic (Sunagawa et al., 2015) waters as reported in previous studies. During the Malaspina Expedition, the prokaryotic communities were characterized in the surface (Ruiz-González et al., 2019) and the bathypelagic waters (Salazar et al., 2016), but a vertical characterization of the extent of the present study is only available from 8 stations (Mestre et al., 2018). As found by others, this vertical characterization of assemblages indicated that surface and DCM communities clustered together and differentiated from the meso- and bathypelagic assemblages. Such a clear vertical structuring of microbial communities and the lack of such obvious vertical variations in the overall metabolic profiles point to a high functional redundancy of the prokaryotic assemblages studied and suggest that, despite the vertical succession of taxa, most communities are able to potentially use the same organic substrates, at least those tested by the method used. Interestingly, this agrees with a metaproteomics study in the Atlantic Ocean which showed that the microbial communities from 100 to 5,000 m had similar transporter proteins (i.e., used similar substrates) throughout the water column despite large changes in community structure (Bergauer et al., 2018).
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FIGURE 5. Principal component analysis (PCA) ordination of samples based on the functional structure of prokaryotic communities. The samples are labeled according to oceanic layer (A) or region (B). The dot size is proportional to the number of substrates used per community. The vectors indicate the main substrate categories in (A) and the environmental variables that significantly fitted the ordination space in (B) (using the R envfit function). The size of the vector is proportional to the strength of the linear relationship of each variable. The first two PCA axes explain 16% of the variance. Pol, polymers; Aa, amino acids; Cx, carboxylic acids; Ch, carbohydrates; Am, amides/amines; Mis, miscellaneous;%C1, %C2, %C3, and %C4, percentage contribution of the fluorescent parallel factor analysis components C1, C2, C3, and C4 to the total DOM fluorescence; Temp, temperature; Prok, prokaryotic abundance; PAR, photosynthetically active radiation.
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FIGURE 6. Variation across the four ocean layers (Surf, surface; DCM, deep chlorophyll maximum; Meso: mesopelagic; Bathy: bathypelagic) in (A) temperature, (B) prokaryotic abundance, (C–F) percentage contribution of the PARAFAC FDOM components C1, C2, C3, and C4 to the total DOM fluorescence, (G) number of Biolog substrates used, and (H) functional diversity (Shannon index) of each community.


When the 95 substrates were grouped by categories, we observed contrasting patterns of relative use with depth. In general, the relative use of some categories decreased or increased significantly from the communities sampled in the surface to the bathypelagic waters (Figure 7). A significantly higher relative use in the upper layers (50 m) was observed for P-compounds, amino acids, or amines/amides and also for LU-carbohydrates in the upper 150 m (Figure 7). Their higher relative use in the photic layer is consistent with reports showing that those categories contain labile compounds freshly produced by phytoplankton and that are rapidly used by prokaryotes (Nebbioso and Piccolo, 2013). In contrast, a lower relative use in the upper 50 m was found for HU-carboxylic acids (specifically for acetic acid) and also for polymers. The polymers showed an increased utilization with depth, and the ratio of polymers/carbohydrates use also increased with depth (ANOVA, p < 0.01) mainly due to the increase in polymer relative use (Figure 7). This pattern agrees with the reported increase in the abundance of transporters targeting aromatic compounds from surface to bathypelagic microbial communities sampled in the Atlantic Ocean (Bergauer et al., 2018).
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FIGURE 7. Variations in the relative use of the substrates within each category throughout the water column. The bars show the standard errors. The letters refer to the results of a post hoc Tukey’s test (P < 0.05). Different letters indicate significant differences among the considered depths. HU, high use; LU, low use (see Supplementary Table S4 for details).


A detailed analysis of the relative use of the individual carbon sources (Supplementary Figure S4) shows that the surface, and sometimes also the DCM, was characterized by a significantly higher relative use of carbohydrates (eight out of 28 substrates) such as N-acetyl-D-glucosamine, gentiobiose, D-lactose, and D-mellibiose or of P-compounds (two out of three substrates), α-D-glucose-6-phosphate or α-D-glucose-1-phosphate. In contrast, the bathypelagic prokaryotic communities had the potential to use a significantly higher number of carboxylic acids (seven out of 24) or polymers (two out of five), α-cyclodextrin and glycogen, than the upper layer communities. The high utilization of carbohydrates in the surface could be explained by the composition of marine dissolved organic matter in the epipelagic zone, which is dominated by the decay products of phytoplankton and consists of up to 40% carbohydrates, 25–50% proteins, and 5–25% lipids [Nebbioso and Piccolo (2013) and references therein].

Amino acids generally showed a higher relative use in surface and DCM waters compared to deeper layers, which agrees with the observed decrease in fluorescence intensity of the protein-like FDOM component (C4) from surface to bathypelagic waters (Figure 6F). Components C3 and C4 are considered to represent microbially produced fresh labile material, so their pattern of decreasing intensity suggests the production by phytoplankton communities in sunlit waters; conversely, components C1 and C2 represent more recalcitrant humic-like material (Catalá et al., 2016) and increased pronouncedly with depth (Figures 6C,D).

Several D-amino acids have shown decreasing concentrations with depth in the ocean (Kaiser and Benner, 2008; Kim et al., 2017). However, the D-amino acids (D-alanine and D-serine) were preferentially used in the mesopelagic and the bathypelagic layers (Supplementary Figure S4). Bacteria (Azúa et al., 2014) and Archaea, the latter abundant in bathypelagic waters, can consume D-amino acids (Teira et al., 2006), and the enantioselective utilization of D-amino acids was recently reported for bacteria isolated from deep-sea sediments (Kubota et al., 2016). Altogether this supports the preferential utilization of D-amino acids in deep waters as shown by our results.

The patterns of relative use of the different substrate categories were explored in detail within the upper 1,000 m by means of smoothed (i.e., average of spline fits) relative use data (Supplementary Figure S5). The smoothed data revealed the presence of peaks of relative substrate use below the DCM (which was located between 19 and 150 m across stations). At the base of the thermocline, around 200 m, the relative use of amines and amides showed a maximum and that of amino acids showed a minimum. This suggests that freshly produced amino acids in the photic layer are rapidly depleted and that communities shift toward the utilization of amines and amides (Supplementary Figure S5). This pattern is not apparent is not apparent from the vertical profiles of total dissolved organic nitrogen which results from the combined distribution of different compounds (Aluwihare et al., 2005).

Other peaks in potential utilization within the upper 1,000 m were observed at the deep scattering layer (DSL), which was located around 600 m (range 270 to 800 m). The DSL is an acoustic signature found across all oceans and formed by fish and zooplankton and is characterized by high biomass and daily vertical migrations (Aksnes et al., 2017). Migrating animals in the DSL may represent an overlooked source of carbon due to DOM release through excretion, fecal pellet dissolution, and/or mucus production (Calleja et al., 2018). The backscatter estimates measured with an echosounder are a proxy for the concentration of particles in the DSL layers. These values showed a positive correlation with prokaryotic abundance (p < 0.001), the humic-like C2 component of FDOM (p = 0.018), and the substrates D-serine (p = 0.010), gamma-hydroxybutyric acid (p = 0.012), and N-acetyl-D-galactosamine (p = 0.043). The use of polymers, HU-carbohydrates, and HU-carboxylic acids was maximal within the DSL (Supplementary Figure S5). This suggests an enrichment of these carbon sources in the DSL, which might be due to the increased organic matter concentration generated by trophic interactions in the layer and/or by active DOM release by migrating fish and zooplankton.

We acknowledge that these vertical patterns might be influenced by the effects of changing pressure, particularly in the case of deep-sea samples, as incubations were not performed at in situ pressure conditions. Current research seems to point toward a reduction of in situ activity of deep-sea bacteria under atmospheric conditions (Tamburini et al., 2013). Since our data are expressed relative to the total substrate use in each community, a reduction in total activity should not influence the relative use of the different substrates shown by our results. However, we cannot discard that exposure of bathypelagic communities to low pressures may have differentially affected specific taxa and their metabolism.



Environmental Drivers of Microbial Functional Structure

As reported above, the principal component analysis performed based on the use of the 95 individual substrates did not show any clear clustering of communities with depth or oceanic region, and axes PC1 and PC2 accounted for a very low amount of total variance in the data, 8.6% for PC1 and 7.3% for PC2 (Figure 5). Prokaryotic abundance, temperature, PAR, and the percentage contribution of the four fluorescent components of DOM (C1, C2, C3, and C4), proxies of organic matter quality, were the variables that appeared to be significantly correlated to the ordination (Figure 5). Interestingly, the components C3 and C4 showed in the PCA opposite patterns to those of C2 and C1, although they were only weakly related to the ordination (envfit analysis R2 values = 0.05–0.07, all p < 0.01). As stated above, the proportion of C1 and C2, related to humic substances, increased toward the bathypelagic waters while that of C4, related to protein-like and labile compounds, showed maximal concentrations at the surface layers (Figures 6C–F). This clear vertical pattern in the quality of organic matter was not reflected in the changes in the number of substrates used nor in the Shannon functional diversity (Figures 6G,H). Only the higher relative use of amino acids in the surface (Figure 7) coincided with the higher proportion of protein-like FDOM compounds.

Temperature was the environmental variable that showed the strongest relationship with the PCA ordination, although it was also weak (envfit analysis R2 = 0.08, p < 0.001, Figure 5B). However, when grouping the substrates, the utilization patterns of some categories were clearly related to temperature (Figure 8). Using data averaged over 1°C bins and pooling all samples together, a positive relationship with temperature was found for the relative utilization of LU-carbohydrates or amines/amides (Figure 8). Conversely, the use of polymers, HU-carboxylic acids, and the ratio polymers/carbohydrates decreased with temperature (Figure 8). In general, we observed that the relationship between substrate use and temperature was not lineal during the whole temperature range but varied, showing different responses in cool waters (0–5°C), temperate waters (15–20°C), or warmer waters (20–30°C). For example, the utilization of P-compounds increased between 5 and 20°C, beyond which it did not change. The relative use of HU-carbohydrates seemed to increase up to 5°C, decreased pronouncedly with temperature between 5 and 20°C, and increased again in the warmest waters. Between 20 and 30°C, increases in temperature decreased the relative use of acetic acid and enhanced that of amino acids, while those of LU-carbohydrates or P-compounds were not affected (Figure 8). This complex control of substrate use by temperature may either be due to a direct and differential effect of temperature on metabolic processes (White et al., 1991; Pomeroy and Wiebe, 2001; Morán et al., 2017) or an indirect effect mediated by, e.g., changes in bacterial community structure along temperature gradients (e.g., Sunagawa et al., 2015; Ruiz-González et al., 2019). For example, in the epipelagic global ocean, an increase of microbial species richness was reported until 12°C, after which a negative correlation was found (Sunagawa et al., 2015). Finally, we acknowledge that other unmeasured environmental or biotic variables covarying with temperature may also have played a role.
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FIGURE 8. Relationships between the mean depth-smoothed relative use of the different substrate categories and temperature. Data from all depths and stations were pooled and averaged by 1°C temperature bins.




CONCLUSION

In summary, our global analysis of the metabolic capability of ocean prokaryotes reveals a widespread use of most of the studied carbon substrates by microbial communities across the subtropical and the tropical ocean. Among the substrates, acetic acid emerged as the most widely utilized compound across all sites and depths, with the exception of the Equatorial Pacific. Contrasting patterns of relative use with depth and temperature were found among major substrate categories, but there was little variability across ocean basins. The high-throughput assessment of the potential use of substrates with Biolog® microplates, with its inherent limitations, has helped deliver a global functional profile of microbial communities across the global ocean that would have been difficult to obtain using other approaches.
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FIGURE S1 | Relationship between the incubation time of the plates and the number of substrates used (A) and the functional diversity, Shannon (B).

FIGURE S2 | Correlation between the mean relative use of substrates during the Malaspina cruise vs. samples taken in the epipelagic waters in a cruise in the Antarctic and the sub-Antarctic ocean (A), experiments with bathypelagic waters of the North Atlantic Ocean (B), and in a cruise in the Mediterranean Sea (C). The black arrows indicate acetic acid.

FIGURE S3 | Mean relative use for each substrate in each oceanic region. The intensity of color in the boxes indicates the range of values, as indicated in the box. The letters refer to results of a post hoc Tukey’s test (p < 0.05). Different letters indicate significant differences among regions.

FIGURE S4 | Mean relative use for each substrate in each layer. The intensity of color in the boxes indicates the range of values, as indicated in the box. The letters refer to results of a post hoc Tukey’s test (p < 0.05). Different letters indicate significant differences among depths.

FIGURE S5 | Relative use of substrates or mean of categories in the upper 1,000 m smoothed with splines. The green squares mark the range of depths of the deep chlorophyll maximum (19–150 m) and the gray squares mark the range of the deep scattering layer (270–800 m). HU, high-use substrates; LU, low-use substrates.

TABLE S1 | Literature using Biolog plates to assess community functional diversity in different marine habitats. Number of natural samples means directly collected from the sea, i.e., in experiments, the initial time.

TABLE S2 | Mean values and standard deviation (in brackets) of environmental and biological parameters for the samples collected at each oceanic layer. DCM, Deep Chlorophyll Maximum; Chla, chlorophyll a (μg l–1); PA: prokaryotic abundance (cell ml–1): PHP: prokaryotic heterotrophic production (μg C l–1 d–1); VA: viral abundance ml–1, DOC: dissolved organic carbon (μmol C l–1); Fluorescence of DOM components C1, C2, C3, C4 (Raman units). N indicates the range in the number of samples analyzed in each layer depending on the variable. Depths of each layer: Surface: 3 m; DCM: 19–150 m; Mesopelagic: 270–980 m; Bathypelagic: 1,000–4,000 m.

TABLE S3 | List of substrates in the Biolog GN2 microplates grouped by category.

TABLE S4 | Carbon sources included in the two categories for which we divided the carbohydrates and carboxylic acids depending on their mean relative use. HU (high use) are those among the 10 used the most, while LU (low use) are the rest of substrates less used.
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Particulate organic matter (POM) export represents the underlying principle of the biological carbon pump, driving the carbon flux from the sunlit to the dark ocean. The efficiency of this process is tightly linked to the prokaryotic community, as >70% of POM respiration is carried out by particle-associated prokaryotes. In the Ross Sea, one of the most productive areas of the Southern Ocean, up to 50% of the surface primary production is exported to the mesopelagic ocean as POM. Recent evidence suggests that a significant fraction of the POM in this area is composed of intact phytoplankton cells. During austral summer 2017, we set up bottle enrichment experiments in which we amended free-living surface and deep prokaryotic communities with organic matter pools generated from native microplankton, mimicking the particle export that may derive from mild (1 μg of Chlorophyll a L–1) and intense (10 μg of Chlorophyll a L–1) phytoplankton bloom. Over a course of 4 days, we followed free-living and particle-attached prokaryotes’ abundance, the degradation rates of polysaccharides, proteins and lipids, heterotrophic production as well as inorganic carbon utilization and prokaryotic community structure dynamics. Our results showed that several rare or undetected taxa in the initial community became dominant during the time course of the incubations and that different phytodetritus-derived organic matter sources induced specific changes in microbial communities, selecting for peculiar degradation and utilization processes spectra. Moreover, the features of the supplied detritus (in terms of microplankton taxa composition) determined different colonization dynamics and organic matter processing modes. Our study provides insights into the mechanisms underlying the prokaryotic utilization of phytodetritus, a significant pool of organic matter in the dark ocean.

Keywords: particulate organic matter, particle-attached, free-living, 16S rRNA, microbial community, extracellular enzymes, carbon cycle, Southern Ocean


INTRODUCTION

Whether organic particles derive from phytoplankton, zooplankton or dissolved organic matter (DOM) aggregation, they represent a hotspot of microbial activity in aquatic ecosystems (Grossart and Simon, 1993; Kiørboe, 2001). To process and consume the particulate organic matter (POM), particle-associated microbes need a complex suite of enzymes that hydrolyze high molecular weight (HMW) substrates, but not all microorganisms possess the enzymatic capabilities to hydrolyze all organic matter moieties (Kiørboe et al., 2002; Arnosti, 2011). On one hand, this means that the POM quality selects for a subset of microbes, capable to degrade that specific pool of organic matter (Kiørboe et al., 2003). On the other hand, selective degradation of particles’ constituents leads to shifts in quality and quantity of carbon, driving changes in the particle-associated community over time (Datta et al., 2016). Therefore, changes in POM composition will affect the dynamics of the associated communities (Grossart, 1999; Eiler and Bertilsson, 2004; Grossart et al., 2005; LeCleir et al., 2014).

The export of POM represents the underlying principle of the biological carbon pump which annually removes about one third of anthropogenic atmospheric CO2 via the export of organic carbon produced by phytoplankton in the euphotic ocean toward the deep ocean (Sabine et al., 2004; Boyd et al., 2019). The POM settling rate is a central factor in determining the efficiency of carbon sequestration: the deeper the particles sink, the longer the carbon of which they are made will be removed from the atmospheric and upper-oceanic reservoirs (Kwon et al., 2009; Passow and Carlson, 2012). However, only a small fraction, between 5 and 25% of the POM produced in the upper ocean, reaches the mesopelagic realm (De La Rocha and Passow, 2007; Buesseler and Boyd, 2009). Organic particles are indeed subjected to remineralization as they sink to the ocean interior, leading to the release of CO2 and DOM and causing a reduction in the biological carbon pump efficiency (De La Rocha and Passow, 2007). Remineralization processes are mainly carried out by particle-associated prokaryotes, which can respire more than 70% of the sinking POM (Giering et al., 2014).

The Southern Ocean (SO) makes up approximately 10% of the world’s ocean (Rogers et al., 2020), yet it is responsible for the ventilation of the global ocean as well as for a conspicuous drawdown (ca. 10%) of the anthropogenic CO2 emissions (Turner et al., 2009; Hauck et al., 2015). The SO is a high nutrient-low chlorophyll system because of the limitation of the primary producer growth by micronutrients such as iron (Strzepek et al., 2011; Boyd et al., 2012). Nevertheless, its coastal, shallower zones represent hotspots of primary production (Smetacek and Nicol, 2005). Among them, the Ross Sea is widely recognized as one of the most productive sectors of the SO, supporting 1/3 of its total annual productivity and accounting for more than 25% of its total CO2 uptake (Arrigo et al., 2008; Smith et al., 2014). About half of the carbon fixed into biomass by primary producers in the Ross Sea surface layer is exported as POM in the mesopelagic system, a flux that may represent up to 40% of the global POM export (Ducklow et al., 2001; Catalano et al., 2010). Cumulative evidence demonstrates that a significant fraction of this POM is represented by healthy or at least intact phytoplankton cells (DiTullio et al., 2000; Rembauville et al., 2015; Zoccarato et al., 2016). Furthermore, Agusti et al. (2015) demonstrated that the presence at depth of phytoplankton is widespread at a global scale, unraveling a previously overlooked source of organic matter in the dark ocean.

While marine snow associated community dynamics are well characterized by both experimental and environmental studies (e.g., Bižić-Ionescu et al., 2015, Bižic-Ionescu et al., 2018; Fontanez et al., 2015; Datta et al., 2016; Pelve et al., 2017; Duret et al., 2019), limited information exist on the degradation mechanisms of phytodetrital particles and on their associated prokaryotic communities (Becquevort and Smith, 2001; Bidle et al., 2002). To fill this gap, during austral summer 2017, we performed 8 microcosm incubation experiments by providing freshly produced algal detritus, generated from on-site collected microplankton net tows, to free-living prokaryotic communities (<1 μm) from the surface and from the mesopelagic zone (548 to 1051 m) of a coast-offshore transect in the Ross Sea. We measured the functional (i.e., extracellular enzymatic activities, heterotrophic carbon production and dark dissolved inorganic carbon uptake) as well as the taxonomic community response (16S rRNA Illumina amplicon sequencing) under the hypothesis that different detrital pools yield distinct metabolic and community shifts.



MATERIALS AND METHODS


Sampling

The sampling stations (Table 1 and Supplementary Figure 1) were placed along a transect heading N-E from Terra Nova Bay based on previous studies (e.g., Celussi et al., 2009; Zoccarato et al., 2016). The sampling was performed during the XXXII Italian Antarctic Expedition in 2017. Water samples were collected by means of 12-L Niskin bottles mounted on a Rosette carousel equipped with a SBE 9/11 Plus CTD profiler. Samples were collected at surface (ca. 2 m) and at the bottom layer (ranging from 548 to 1051 m) at each of the four stations. Right after the CTD casts, 7 plankton tows were performed at each station by means of a 20-μm mesh-sized net in order to collect a final plankton sample volume equal to 1.5 L. The depth of the net deployment was chosen according to the CTD chlorophyll a fluorescence profiles and ranged between 60 and 120 m (Supplementary Figure 2).


TABLE 1. Details of the sampling stations (dates, coordinates, bottom depth, and sampling depth) in the Ross Sea.
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Experimental Design and Setup

Microcosm (HCl-washed 2-L Nalgene PC bottles) experiments were set-up on board the R/V Italica. Seawater was filtered through 1 μm PC filters (Whatman) in order to keep free-living prokaryotes only. The pore-size was chosen considering the cell-size frequency distribution study by La Ferla et al. (2015) in the same geographical area. For each experiment, 1 μm-filtered seawater from surface and bottom layers of the four stations was amended with phytodetritus in order to achieve final concentrations of 1−10 μg of Chlorophyll a equivalent per liter (hereinafter 1−10 μg L–1, respectively). Unamended 1 μm-filtered seawater was used as control. A conceptual scheme of the experimental setup is depicted in Supplementary Figure 3. All treatments and controls were run in experimental duplicates and were incubated in the dark, at in situ temperature for 4 days. Sampling within the microcosms were performed at day (d) 0, right after the amendments, and after 1, 2, and 4 days.

The phytodetritus was generated by plankton net samples through 7 cycles of freezing (−80°C)/thawing (80°C) (Bidle and Azam, 2001). Unwashed aliquots of the detritus were then added to the 2-L microcosms containing 1 μm-filtered seawater at 1 and 10 μg L–1 of Chlorophyll a equivalent (see section “Chemical Analysis”). These pigment concentrations were selected in order to mimic mild and dense bloom conditions (e.g., Schine et al., 2016) in the Ross Sea.

At every time point, samples were collected for the determination of free-living heterotrophic prokaryote abundance, viral abundance, heterotrophic carbon production rates and the activity of the exoenzymes β-glucosidase, lipase, and leucine aminopeptidase. Additional aliquots were collected at d0, and after 1 and 4 days for the estimation of the abundance of particle-attached prokaryotes. Dark Dissolved Inorganic Carbon (DDIC) fixation rates were measured only at d0 since the incubation time for the analysis was 96 h (see section “Microbial Metabolic Activities”). At the end of the experiments, the remaining seawater volume in the PC bottles was >1.75 L. At d0 and at the end of the experiments, DNA was collected as described in Section “DNA Extraction, Amplicon Library Preparation, and Sequencing.”



Chemical Analysis

Chlorophyll a concentration in the net samples was determined by the fluorometric method by Lorenzen and Jeffrey (1980). Briefly, triplicate 3 mL aliquots were filtered onto glass fiber filters (Whatman GF/F) and the extraction was performed with 90% v/v acetone at 4°C in the dark for 4 h (Holm-Hansen et al., 1965). Holm-Hansen et al. (2000) proposed to use at least 2-h extraction incubation prior fluorometric reading for Antarctic seawater samples. This quick procedure was chosen in order to expedite the experimental setup since we needed to titrate the phytodetritus prior amendment. Fluorometric reads were performed before and after acidification with two drops of HCl 1N by means of a Shimadzu RF-1501 spectrofluorometer at 450 nm excitation and 665 nm emission wavelength. Calibration curves were made with pure Chlorophyll a standard from spinach (Sigma-Aldrich).

The analysis of particulate and dissolved organic C concentration within the generated phytodetritus was carried out by standard protocols, as detailed in the section “Supplementary Methods.”



Phytodetritus Composition

The analysis of microplankton net tows was carried out by an inverted microscope (LEICA DMi8) equipped with phase contrast after fixation with neutralized formaldehyde (1.6% final concentration, f.c., Throndsen, 1978). To obtain the relative abundance of microplankton taxa, the samples were allowed to settle in a Utermöhl chamber and examined following the Utermöhl method (Utermöhl, 1958). Cell counts were performed along transects or fields at a magnification of 400× counting a minimum of 200 cells.



Heterotrophic Prokaryotes and Viruses

The abundance of free-living heterotrophic prokaryotes (FL-HP) and of virus-like particles (VLP) was estimated by flow cytometry. A FACSCanto II (Becton Dickinson) instrument was used, equipped with an air-cooled laser at 488 nm and standard filter setup. Samples (1.7 mL) were fixed with 0.5% (f.c.) glutaraldehyde solution (Grade I for EM analyses, Sigma Aldrich). Fixed samples were kept at 4°C for approximately 15 mins and then stored at −80°C until analysis (Brussaard, 2004). Prior to enumeration, samples were thawed at room temperature and diluted 1:10 (FL-HP) and 1:50 (VLP) with 0.2 μm-filtered Tris-EDTA buffer 1× (Sigma Aldrich). Then samples were stained with SYBR Green I nucleic acid dye (Life Technologies), according to Marie et al. (1999); Brussaard (2004) for FL-HP and VLP, respectively. FL-HP were stained (1×, f.c.) and incubated for 10 mins in the dark at room temperature. Virus-like particles were stained (0.5×, f.c.) and incubated for 15 mins in the dark at 80°C. Total virus abundance was obtained by correcting the total count for noise, with 0.2 μm-filtered Tris-EDTA buffer 1× (Sigma Aldrich) as blank. Data were acquired and processed with the FACSDiva software (Becton Dickinson). The flow rate was calibrated daily, by running distilled water and weighing it before and after the run (at least 5 replicates). Abundances were then calculated using the acquired cell counts and the respective flow rates.

From the same glutaraldehyde-fixed samples, particle-attached (PA) prokaryotes were counted at the home laboratory by epifluorescence microscopy after staining the cells with 4,6-diamidino-2-phenylindole (DAPI, Sigma Aldrich) following the protocol of Porter and Feig (1980) with slight modifications, as reported in Celussi et al. (2017a). Briefly, 1.5 mL aliquots were filtered in duplicates onto 0.2 μm black polycarbonate membranes (Whatman) that were subsequently placed on a drop (50 μL) of DAPI (30 μg mL–1 in an autoclaved 3.7% NaCl solution) for 15 min in the dark. The back of the filters were gently dried onto a kimwipe tissue, mounted between layers of immersion oil (Type A, Cargille) and stored at −20°C. Particle-attached prokaryotes (PA) were counted at 1000× magnification (Olympus BX 60 FS) under a UV filter set (BP 330−385 nm, BA 420 nm). A minimum of 300 cells was counted for each membrane in at least 20 randomly selected fields.



Microbial Metabolic Activities

Extracellular enzymatic activities (EEAs) were tested using fluorogenic substrate analogs (Hoppe, 1993) derived from 7-amino-4-methylcoumarin (AMC) and 4-methylumbelliferone (MUF). Leucine-aminopeptidase activity (AMA) was assayed as the hydrolysis rate of leucine-AMC. β-glucosidase (BGLU), and lipase (LIP) activities were assayed using MUF-β-D-glucoside and MUF-oleate (Sigma Aldrich), respectively. Hydrolysis was measured by incubating 2.5 mL subsamples with 200 μM leucine-AMC, MUF-β-D-glucoside, 100 μM MUF-oleate (saturating final concentrations, Celussi et al., 2009) for 3–7 h in the dark at in situ temperature. Fluorescence increase due to AMC and MUF hydrolyzed from the model substrates was measured using a Shimadzu RF-1501 spectrofluorometer (AMC = 380 nm excitation and 440 nm emission; MUF = 365 nm excitation and 455 nm emission). Triplicate calibration curves were performed daily, using 0.2 μm-filtered seawater and 5 μM standard solutions of AMC and MUF (Sigma Aldrich). EEAs were measured also on diluted (1:1000) aliquots of detritus, and hydrolysis rates were not measurable or negligible (<0.01 nM h–1).

Heterotrophic carbon production (HCP) was measured with the method of 3H-leucine (Leu) incorporation (Kirchman et al., 1985). Triplicate 1.7 mL subsamples and one killed control (5% trichloroacetic acid − TCA − f.c.) were amended with 20 nM radiotracer (50.2 Ci mmol–1; Perkin Elmer) and incubated for 3–7 h in the dark at in situ temperature. The extraction of 3H-labeled proteins was carried out following the microcentrifugation method (Smith et al., 1992). After the addition of 1 mL of scintillation cocktail (Ultima GoldTM MV; Packard), the activity was determined by a TRI-CARB 2900 TR Liquid Scintillation Analyzer.

Rates of Dark Dissolved Inorganic Carbon fixation (DDIC) were determined by the incorporation of NaH14CO3 (Herndl et al., 2005; Yakimov et al., 2011), as described previously (Celussi et al., 2017b). Samples were collected from the microcosms at d0 in 2 replicates (40 mL each) plus one killed control (treated with 2% formalin, f.c.). Each tube was spiked with 100 μL of a NaH14CO3 solution (42.1 mCi mmol–1; DHI) to yield a final activity of 0.25 μCi mL–1. Samples were incubated in the dark for 96 h at in situ temperature and then fixed with 2% dolomite-buffered formalin. The whole volume in each tube was filtered through 0.2 μm-pore-size polycarbonate membranes (Whatman). Filters were washed twice with 10 mL of an autoclaved NaCl (3.8% w/v) solution, acidified with HCl fumes in scintillation vials for 12–16 h and frozen at −20°C. Once in the laboratory, the scintillation vials were filled with 5 mL scintillation cocktail (Filter-CountTM, Perkin Elmer) and the activity was determined by a TRICARB 2900 TR Liquid Scintillation Analyzer. The filtration and the acidification steps were performed within 24 h from fixation with formalin. DDIC was determined according to the following equation (Steeman Nielsen, 1952):
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where DIC is the concentration of dissolved inorganic carbon in samples (2.16 and 2.24 mmol L–1, for surface and bottom experiments respectively, Ingrosso, unpublished data from previous surveys in the Ross Sea), 1.05 is the correction factor for slower assimilation of 14C than 12C, 12 is the molecular weight of C, DPMsample–control are the DPM measured in every replicate corrected for the ones in the control, DPMadded is the activity (certified by the provider) of the NaH14CO3 solution spiked in each tube and T is the incubation time.



DNA Extraction, Amplicon Library Preparation, and Sequencing

At the beginning of the experiments the native free-living prokaryotic community (1 μm-filtered) was collected on 0.2 μm polyether-sulfone membrane filters (SUPOR 200, Pall) and stored at −80°C for DNA analyses. The filtered volumes were 2 to 4 L for surface experiments and 8 L for deep water experiments. The same protocol was used at the end of the experiments (d4), by filtering the remaining volume in each bottle, approximately 1.75 L. DNA was extracted using the DNeasy PowerWater kit (Qiagen) following the manufacturer’s instructions. The quantity of DNA extracts was measured by Qubit Fluorometer (Thermo Fisher Scientific). Extracted DNA was stored at −20°C until further analysis.

To generate prokaryotic barcodes, the extracted DNA was PCR-amplified by using the primer pair 515F-Y (5′-GTGYCAGC MGCCGCGGTAA-3′) and 926R (5′-CGYCAATTYMTTTRA GTTT-3′), which encompass the V4 and V5 hypervariable loops of 16S rRNA genes (Parada et al., 2016). PCR mixtures (25 μL final volume) were as follows: 5 ng of template DNA, 0.5 U of Phusion High-Fidelity DNA polymerase (Thermo Fisher Scientific), 1 × Phusion HF buffer, 200 μM of each dNTP, and 0.5 μM of each primer. PCR amplifications (98°C for 4 min; 25 cycles of 98°C for 20 s, 57°C for 30 s, 72°C for 30 s; 72°C for 5 min) were carried out in duplicate in order to smooth possible intra-sample variance. PCR products were visualized on 1.5% agarose gels, then amplicon duplicates were pooled and purified using 0.8 × volumes of AMPure XP beads (Beckman Coulter). All the purified products were finally quantified with a Qubit Fluorometer (Thermo Fisher Scientific).

PCR indexing and normalization were based on the “16S Metagenomic Sequencing Library Preparation” protocol provided by Illumina, with the following major modifications: (1) PCR mixtures were in 25 μL final volume, using 2.5 μL of template DNA, 0.5 U of Phusion High-Fidelity DNA polymerase (Thermo Fisher Scientific), 1 × Phusion HF buffer, 200 μM of each dNTP, and 5 μL of each index primer. (2) PCR amplicons were normalized using a SequalPrep Normalization Plate (Thermo Fisher Scientific). Finally, amplicon libraries were equally pooled and sequenced using the Illumina MiSeq system (2 × 300 base pairs). The 16S amplicon sequences generated for this study can be found in the Sequence Reads Archive (SRA) at NCBI under the accession number PRJNA609227.



Bioinformatic Pipeline

Sequenced reads from 16S amplicon libraries were analyzed with QIIME2 version 2019.7 (Bolyen et al., 2019). Denoising and amplicon sequence variants (ASVs) were identified using DADA2 (Callahan et al., 2016) QIIME2 plugin, trimming for low quality bases (forward reads at 290 bp length and reverse reads at 220 or 240 bp according to quality). Resulting ASVs were aligned with mafft aligner (Katoh et al., 2002) via q2-alignment plugin. The resulting multi-alignment was used to reconstruct phylogeny with fasttree2 (Price et al., 2010) via q2-phylogeny. Rarefaction curves were constructed using q2-diversity. Taxonomy was assigned to ASVs using the q2-feature-classifier plugin (Bokulich et al., 2018) that embeds a naïve Bayesian taxonomy classifier against SILVA database v 132 clustered at 99% identity (Quast et al., 2013).



Statistics

Differences in the final (d4) community structure among sampling sites, sampling depths and treatments were tested with analysis of similarity (ANOSIM) and visualized with non-metric multidimensional scaling plots (NMDS). To estimate the amount of variance associated with individual factors (station, depth and treatment), permutational multivariate analysis of variance (PERMANOVA, function adonis in package vegan, Oksanen et al., 2019) with pairwise analysis was used. All permutations tests were considered significant at p < 0.05 with 9999 permutations. For the analyses related to beta diversity hypothesis testing, Bray-Curtis dissimilarity matrices were constructed using normalized read abundances (function vegdist in package vegan, Oksanen et al., 2019). Visualization of the microbial diversity data was done using normalized genera abundance, with the package ggplot2 (Wickham et al., 2016).

The quality of 16S rRNA sequencing replicates was checked computing Spearman’s rank correlation coefficients between raw ASVs counts of experimental duplicates.

The compositional change in the prokaryotic community was investigated by calculating the average (across experimental duplicates) relative abundance (RA) change of each genus (deepest taxonomic resolution). ASVs that were not present at 1% RA as a minimum, in at least one sample, were pooled as “Others.” Changes in control samples were compared against the starting community (d0), whereas the effect of detrital particles amendments was compared against the controls. This comparison allowed to highlight both positive and negative responses of each genus to: (i) the enclosure itself and (ii) to the enrichments with phytodetritus.

To test if the composition of detrital particles (i.e., taxa composition within plankton samples) drove differential response in the number of attached prokaryotes, we fitted Generalized Linear Models (GLMs) using attached prokaryotes abundance as response variable and phytodetrital composition as independent variables. Models were fitted separately for each time point (i.e., d0, d1, and d4) using the function glm.nb embedded in the MASS package (Venables and Ripley, 2002). The Shapiro-Wilk test was used to check if residuals met the assumption of normal distribution.

The Mann-Whitney test was also used to detect statistically significant differences between control and amended microcosms at day 4 and to test for significant differences in variables among two or more factors. The Spearman’s rank correlation coefficient was calculated among selected variables. All the above tests were considered significant at p < 0.05 after correction for false discovery rate (fdr, Benjamini and Hochberg, 1995). All the statistical analyses were conducted in the R environment (v. 3.6.1, R Core Team, 2019).




RESULTS


Methodological Considerations

The results of chemical analyses on the four detrital pools are summarized in Supplementary Table 1. To estimate the magnitude of organic C enrichments following the phytodetritus addition, we calculated the enrichment factors of DOC and POC in the amended bottles according to Hardy et al. (2005) with the formula:
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Where [XOC](added+environmental) is the concentration of either DOC or POC in the amended bottles and [XOC](environmental) is the POC or DOC environmental concentration (i.e., before the amendments). Since the seawater was filtered onto 1 μm pore size prior to the detritus enrichments, we assumed that prokaryotic cells represented the only source of POC in the pre-amended microcosms. Thus, POC concentration was calculated converting prokaryotic abundance into carbon using the conversion factor of 13 fgC Cell–1 derived from Carlson et al. (1999) for prokaryotic cells in the Ross Sea. Environmental DOC concentrations in surface and bottom samples were provided by Relitti (unpublished data).

Enrichment factors (Supplementary Table 2) for DOC ranged between 1.0 and 1.1 and from 1.2 to 2.3 for the 1 and 10 μg L–1 treatments, respectively. Amendments with detritus resulted in consistently higher POC enrichment factors, ranging between 6.5 and 67.7 in 1 μg L–1 and between 56 and 906.3 in 10 μg L–1. These calculations highlight that POC enrichment factors following phytodetritus amendments were up to 2 orders of magnitude greater than DOC ones.

We are aware that some uncertainties in the metabolic rates and community composition might arise from the ambient pressure characterizing our incubations. Metabolic rates of bathypelagic prokaryotes have been shown to be overestimated at ambient pressure (Tamburini et al., 2013) while, from a community perspective, some evidence suggest that the effect might be group specific (La Cono et al., 2015). However, there still is a lack of general consensus about the effect of decompression on the metabolism of deep-sea microorganisms (Tamburini et al., 2013 and references therein). Our inferences consider both metabolic and community changes in relative terms, i.e., enhanced or suppressed by the detrital addition and/or composition. Hence, even if the absolute measured rates may be biased, our findings are likely not impaired by the depressurized incubation.



Phytodetritus Composition

The plankton net samples used to generate the phytodetritus showed marked compositional differences among stations (Figure 1). Plankton assemblages of stations B and D were dominated by Phaeocystis antarctica, accounting for 77 and 52% of the total pool, respectively. Diatom taxa were underrepresented in station B (4%), and accounted for 25% of microplankton cells at station D. The microplankton net sample of station C2 was instead dominated by diatom taxa, which accounted for 90% of the sampled community. Members of the Pseudo-nitzschia genus were the most abundant (52%), followed by the genus Chaetoceros (20%). A similar pattern was observed for C1 net samples, in which diatom taxa made up 50% of total pool. Representatives of the Pseudo-nitzschia genus were the most abundant (25%), followed by Chaetoceros spp. (10%). Choanoflagellates (23%) and Phaeocystis antarctica (18%) considerably contributed to the microplanktonic community retrieved at station C1.
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FIGURE 1. Compositional pie charts of plankton net samples used to generate phytodetritus.




Viruses, Free-Living, and Particle-Attached Prokaryotes

Experiments B and C1 showed a low variability of VLPs abundance, which was remarkably constant over time and among treatments, with similar values in surface and bottom microcosms (Supplementary Figure 4). Bottles amended with detritus generated from the stations C2 and D showed a more variable temporal pattern, although rather similar among treatments (Supplementary Figure 4). In C2 surface bottles, both treatments resulted in a decreasing trend over time, even though abundance values were very similar to those in control bottles. Lower VLPs abundances were measured in bottom microcosms, which showed a rather similar decreasing trend over time, regardless of the treatment. An increase of VLPs over time was measured only in bottles amended with D detritus. A steep increase, deviating from the general pattern was evident on d4 in 10 μg L–1, resulting in the highest values measured in both surface and bottom enclosures (8.19 ± 3.48 and 5.24 ± 3.19 × 109 VLPs L–1, respectively, Supplementary Figure 4).

Abundance of FL-HP (Supplementary Figure 4) showed a general increasing trend over time, more evident in 10 μg L–1 microcosms. Station B enclosures were a remarkable exception to this pattern, with FL-HP abundance extremely constant across time, treatment and depth (on average, 0.10 ± 0.01 × 109 cells L–1, Supplementary Figure 4). In C1 and C2 bottles, the effect of the detritus addition became evident only on d4, whereas between d0 and d2, FL-HP abundances were very similar to those in control samples. The addition of detritus at 10 μg L–1 resulted in a steep increase of FL-HP abundance in surface C1 samples (approximately 5 times higher than control, Supplementary Figure 4), whereas in bottom samples FL-HP abundance was not clearly affected by the particles enrichments. Station C2 enclosures showed an inverse pattern, with a stronger response of bottom samples to particles addition (∼6 times higher than control on d4). The highest cell numbers were measured in D samples in both surface (5.49 ± 0.35 × 109 cells L–1) and bottom samples (1.92 ± 0.83 × 109 cells L–1). Addition of 1 μg Chl a L–1 equivalent in surface samples had mild effect on FL-HP abundance, whereas the strongest amendment yielded a steep increase of FL-HP cells in both surface and bottom samples (Supplementary Figure 2).

The abundance of PA ranged between 0.49 ± 0.09 and 71.71 ± 7.67 × 106 cells L–1 (Figure 2). The lowest number of attached cells was measured on d0 in B surface bottles amended with 1 μg Chl a L–1, while the highest number of PA cells was found on d4 in C2 bottom samples with 10 μg L–1. Over time, PA abundance was constant or decreasing between d0 and d1, followed by an increase on d4 (Figure 2). B experiments showed the lowest abundance of particle-attached prokaryotes, in both surface and bottom microcosms, whereas station C2 presented the highest PA abundance. PA abundance on d0 was higher in surface enclosures, except for B bottles, where the initial PA cells number was higher in bottom samples (Figure 2). On d4, bottom microcosms presented a higher PA abundance than surface ones, except for C2 samples (Figure 2).


[image: image]

FIGURE 2. Bar plots showing the abundance of attached prokaryotes on d0, d1, and d4 in each of the microcosms. Error bars represent the standard deviation of two experimental replicates.


Generalized linear models identified a significant dependence of the number of attached prokaryotes on the taxa composing the phytodetrital pool (Supplementary Table 3), with a varying temporal pattern. Attached cells abundance on d0 was found significantly related to Pseudo-nitzschia spp. abundance (p < 0.05). On d4, three of the four considered groups (i.e., Pseudo-nitzschia spp., Phaeocystis antarctica, Chaetoceros spp.) drove a significant response of the PA cells abundance (p < 0.001). The GLM fitted with data from d1 did not meet the assumption of normal distribution of the residual terms (Shapiro−Wilk test, p < 0.05) and was therefore not further considered.



Microbial Metabolic Activity


Exoenzymatic Activities

Minima of the three EEAs were all measured in bottom C1 bottles (BGLU: 0.01 ± 0.00 nM h–1; AMA: 0.79 ± 0.08 nM h–1; and LIP: 0.86 ± 0.07 nM h–1; Figure 3). Maxima of BGLU and AMA were measured in surface bottles amended with station D phytodetritus (7.19 ± 0.00 and 1622.24 ± 113.55 nM h–1, respectively, Figure 3), while the fastest lipid degradation was found in bottom microcosms supplemented with C1 detrital particles (78.61 ± 32.65 nM h–1, Figure 3).
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FIGURE 3. Time courses of β-glucosidase (BGLU), lipase (LIP), leucine-aminopeptidase activities (AMA), and heterotrophic carbon production (HCP). 0, controls; 1, 1 μg L–1 Chl a; and 10, 10 μg L–1 Chl a. To ease comparison, metabolic rates are plotted on Log Y-axes, which are differentially scaled. Error bars represent the standard deviation of two experimental replicates; where not visible, they are embedded in the symbol.


Protease activity showed a general increasing trend in all the experiments, with steeper slopes between days 2 and 4 (Figure 3). Slower rates were observed in B bottles, while maxima were measured in bottles amended with particles from station D (Figure 3). Treatments at 10 μg L–1 yielded the strongest increase in peptidase activity in bottom bottles enriched with detritus from stations C1, C2, and D compared to controls on d4 (approximately 35, 30 and 10 times, respectively, Figure 3). The amendment of B bottom microcosms with 1 μg L–1 sustained a ∼3 times higher AMA activity compared to control and 10 μg L–1 treatment (Figure 3).

Lipid degradation was slower in experiments B and D in both surface and bottom bottles. Experiments C1 and C2 showed the highest values of lipase activity in bottom microcosms, where the maximum value was measured (experiment C1, Figure 3). A mild effect of the detritus enrichments was visible in surface B and D bottles, while bottom experiments were not clearly affected by particle amendments (Figure 3). The enrichment with 10 μg L–1 in surface C1 bottles resulted in a ∼4 times lower rates compared to control and 1 μg L–1 at day 4 (Figure 3). In bottom C1 bottles, the highest Chl a amendment yielded an increase in LIP activity of approximately 40 and 15 times compared to control and 1 μg L–1, respectively (Figure 3). A similar trend was observed for C2 experiments, although with a milder increase (Figure 3). Surface C2 bottles were characterized by higher LIP rates in the 10 μg L–1 throughout the experiment, compared to control and 1 μg L–1 (Figure 3).

Carbohydrate hydrolysis showed a peculiar response in each of the experiments (i.e., B, C1, C2, and D), highly conserved in both surface and bottom bottles. The lowest BGLU activity was measured in station B microcosms. In station C1 experiments, enrichments at 10 μg L–1 induced slightly higher BGLU rates compared to control and 1 μg L–1. The general pattern, showing a steep increase in the first 24 h and then a drop to initial values on d4, was common to all the experimental conditions (Figure 3). Amendments with C2 detritus (Figure 3) yielded the strongest response in the 10 μg L–1 treatment, with rates ∼8 and 17 times higher than 1 μg L–1 treatment and control, respectively. An increasing trend over time was measured in both surface and bottom D bottles. While the addition of detrital particles at 1 μg L–1 did not produce a clear effect on glycolytic rates (Figure 3), enrichments at 10 μg L–1 resulted in a steeper increase of BGLU activity on day 4, which was approximately 3 times higher than control and 1 μg L–1 in both surface and bottom bottles (Figure 3).



Heterotrophic C Production and DDIC Uptake

Heterotrophic carbon production (Figure 3) showed an overall strong response to detritus enrichment, especially on d4. Rates of prokaryotic production spanned over 4 orders of magnitude, ranging between 0.01 ± 0 and 682.83 ± 57.66 pmol Leu L–1 h–1. Range extrema were measured at the highest Chl a concentration (10 μg L–1) in bottom B bottles and surface D bottles, respectively (Figure 3). As observed for the EEAs, overall slower prokaryotic production rates were observed in B experiments, with higher values in surface bottles. Amendments with detritus yielded the strongest response at 10 μg L–1, with HCP rates approximately 9 and 16 times higher than control in surface and bottom bottles, respectively (Figure 3). Enrichment at 1 μg L–1 in experiment C1 resulted in a steep increase of prokaryotic production on d4, with rates ∼4 and 3 times higher than control and 10 μg L–1, respectively (Figure 3). In bottom C1 bottles, HCP rates strongly increased in response to 10 μg L–1 amendments, peaking at 489.00 ± 6.29 pmol Leu L–1 h–1, the maximum value measured in bottom samples (Figure 3). Experiment C2 showed a similar response in both surface and bottom bottles (Figure 3). Experiment D microcosms showed a steady increasing trend of Leucine incorporation rates over time. The detritus enrichment induced the strongest response at the highest concentration (10 μg L–1), resulting in HCP rates approximately 3 and 4 times higher than control in surface and bottom bottles, respectively (Figure 3).

DDIC is an often neglected channeling of environmental C into prokaryotes and can be associated both to heterotrophic and autotrophic metabolism (see section “Detritus-Induced Functional Changes”) The enrichments with detritus at the lowest concentration stimulated dark DIC uptake in C1 and C2 enclosures, with a stronger effect on the latter (∼2 times higher than control, Table 2), while negatively affecting D and B enclosures (Table 2). The enrichments at 10 μg L–1 strongly enhanced DDIC rates in station D, C1 and C2 (approximately 10, 5, and 6 times higher than control, respectively), while had a slight negative effect on B microcosms (Table 2). Bottom DDIC uptake rates were unaffected by the particle amendments at 1 μg L–1, while the strongest enrichments yielded a remarkable enhancement of dark DIC uptake in B and C2 bottles (∼2 and 6 times relative to controls, respectively).


TABLE 2. Dark dissolved inorganic carbon (DDIC, ngC L–1 d–1) uptake rates in control and amended microcosms measured on d0 (see section “Microbial Metabolic Activities”).
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Prokaryotic Diversity and Community Composition

Following the bioinformatic pipeline, the 16S rRNA dataset comprised 1950252 reads from the 56 analyzed samples, with, on average, 34825.92 reads per sample, totaling 420 prokaryotic ASVs. The lowest number of reads was found in the initial (d0) C2 surface sample (n = 12110), while sample replicate 2 of bottom D sample amended with 10 μg L–1 scored the highest value (n = 81610). The whole prokaryotic diversity was captured by the chosen sequencing effort, as shown by the rarefaction curves (Supplementary Figure 5). ASVs richness (i.e., number of unique ASVs retrieved) ranged between 43 and 219. Both values were measured in C2 bottom enclosures, in replicate 2 of the 10 μg L–1 amendment on d4 and d0, respectively. A general decreasing trend in richness (Supplementary Figure 6) was observed with increasing Chl a concentration (i.e., 0, 1 and 10 μg L–1), particularly evident in bottom samples, whose initial communities were characterized by a significantly higher richness compared to surface ones (Mann–Whitney, p <0.05). Segregation by depth did not reveal significant differences in richness between stations (Mann–Whitney, p >0.05). The sequencing duplicates were highly consistent, being significantly correlated at p < 0.001, with Spearman’s rho values ranging between 0.60 and 0.90 (Supplementary Figure 7).

In terms of initial community composition, the relative abundance of major taxa (RA > 1%, Figure 4 and Supplementary Figure 8) significantly varied with depth (ANOSIM R = 0.83, p < 0.05). Surface samples of station B and D were respectively dominated by ASVs mapping to the SAR11 clade (61.85%) and to the Polaribacter genus (75.99%). The latter represented the most abundant taxon in stations C1 and C2 too (22.68 and 24.87%, respectively), sided by SAR11 ASVs at station C1 (13.50%) and by members of the Gammaproteobacterial family Nitrincolaceae at station C2 (13.45%). Initial bottom communities (Figure 4 and Supplementary Figure 8) were dominated by members of the phyla Proteobacteria (30.15 ± 6.32%) and Bacteroidetes (24.54 ± 9.55%). The former characterized the communities of stations B and D (39.47 and 28.77%, respectively), whereas stations C1 and C2 were dominated by the latter (34.97 and 29.66%, respectively). Classes Alpha- and Gamma-proteobacteria accounted for most of the Proteobacterial sequences (11.53 ± 1.84 and 14.74 ± 3.78%, respectively) in these stations, while most of the Bacteroidetes abundance was made up by Flavobacteriales (22.82 ± 9.16%). Among the Alpha-proteobacteria, members of the SAR11 clade represented approximately half of the retrieved sequences (5.03 ± 1.55%), with the highest relative abundance observed in station B samples (7.30%). Gamma-proteobacteria were mostly represented by sequences assigned to the family Thiomicrospirales, especially abundant at station B (10.69%, Supplementary Figure 8), and Oceanospirillales (on average, 4.69 ± 4.02 and 4.27 ± 0.73%, respectively, Supplementary Figure 8). Archaeal ASVs, belonging to Marine Group II and Nitrosopumilaceae, represented, on average, 8.08 ± 2.71% of the bottom initial community (Figure 4 and Supplementary Figure 8).
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FIGURE 4. Relative abundance plots of major taxa (>1% in at least one sample). FL_Env, initial free-living (1 μm-filtered) community, Ctrl, control samples; Trt1, amendments at 1 μg L–1 Chl a; Trt10, amendments at 10 μg L–1 Chl a; R1 and R2 identify the two experimental replicates. A detailed version of the figure with all subgroups showed is available in the Supplementary Material.


NMDS plot of the final prokaryotic communities showed that samples separated well according to sampling station and depth (Figure 5). The highest amount of variance was explained by the sampling site (40%, Table 3), highlighting both the effect of the “seed” community and of the addition of different kinds of detrital particles on the observed differences.


TABLE 3. Results of permutational multivariant analysis of variance (PERMANOVA) of final prokaryotic communities based on Bray-Curtis dissimilarities of read relative abundance.
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FIGURE 5. NMDS plot (stress = 0.11) showing Bray–Curtis dissimilarity in community composition. Samples are color, shape and size coded according to sampling site, sampling depth and treatment, respectively (see legend). Env, initial community d0, 1 μm-filtered; s, surface; b, bottom. Both replicates for each sample are plotted.


The enclosure of the initial prokaryotic communities led to an overall increase in the relative abundance of members of the Flavobacteriaceae family, mostly due to ASVs mapping to Polaribacter genus (Figure 6 and Supplementary Figure 9). Station B represented an exception to this pattern, with changes in relative abundance mostly due to the genera Idiomarina (Alteromonadales) in surface samples and Polaribacter (Flavobacteriales) in bottom ones (Figure 6). Community changes in samples amended with detrital particles were mainly driven by the increase of the relative abundance of members of the order Alteromonadales to the detriment of Flavobacteriales representatives (Figure 6). Distinct Alteromonadales genera characterized the observed changes across sampling sites and depths. The genus Idiomarina increased in surface B and C2 enriched samples, particularly in the 10 μg L–1 Chl a treatment, while the genus Colwellia was largely responsible for the changes observed in amended C2 bottom samples (Figure 6). The genus Pseudoalteromonas was positively affected by the detritus addition in both surface and bottom samples of station C1 and in bottom B bottles (Figure 6). Surface D enclosures showed very few changes in relative abundance in response to both the enclosure and to the amendment with phytodetritus (Figure 6). The enclosure of bottom D samples strongly selected for Polaribacter ASVs, with relative abundance increasing ∼ 40 times compared to environmental samples (Figure 6). At station D the amendments with detrital particles induced only minor community changes in both surface and bottom samples.
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FIGURE 6. Treatment-related shifts in prokaryotic community. Shifts in controls are compared to the initial (d0, 1 μm-filtered) community, whereas taxa shifts in treatments (i.e., 1 and 10 μg L–1) are compared against the controls (both on d4). Ctrl, control samples; Trt1, amendments at 1 μg L–1 Chl a; Trt10, amendments at 10 μg L–1 Chl a. A detailed version of the figure with all subgroups showed is available in the Supplementary Material.





DISCUSSION


Detritus-Induced Changes in Prokaryotic Abundance and Community Structure

Our analyses identified sampling site and depth as the main driving factors explaining the observed differences in final (d4) communities (see section “Microbial Metabolic Activity” and Figure 5). The addition of “small” amount of detritus (1 μg L–1 Chl a equivalent) was enough to select for the growth of specific prokaryotic taxa within the in situ free-living communities In fact, we did not find a significant effect of phytodetritus concentration (i.e., 1 vs. 10 μg L–1, Table 3) on the final prokaryotic communities, suggesting that the major drivers of the observed changes were the features of the phytodetrital particles rather than their concentration. These results suggest that the interaction of the initial free-living assemblage with the particulate detrital pool resulted in site-specific changes, differentially affecting surface and bottom assemblages. Enrichments with Phaeocystis-derived detrital particles yielded significantly higher FL-HP abundance in surface samples amended with 10 μg L–1 and in bottom bottles amended with 1 μg L–1 (stations B and D, Figure 7). This pattern suggests that, in surface samples, mild detritus enrichments induced a community-level response (i.e., shifts in community structure with constant cell abundance, Reintjes et al., 2019) to the POM features, while stronger enrichments select for specific fast-responsive taxa (i.e., Alteromonadales in B and Flavobacteriales in D, Figure 6). It is noteworthy that bottom samples showed an exact inverse pattern (Figure 7), highlighting that small pulses of organic matter are rapidly exploited by conditionally rare copiotrophs, while more consistent loads of POM re-shuffle the whole community. At stations C1 and C2, enrichments with diatom-derived detritus yielded significantly higher FL-HP abundance than control samples. The increase in FL-HP in those samples is coupled with the marked increase in the relative abundance of Pseudoalteromonas and Idiomarina genera, respectively (Figure 6), suggesting that the changes in community composition were the result of the emergence of these genera rather than a community-level response to the detritus addition.
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FIGURE 7. Significant differences between control and amended microcosm at day 4 (Mann–Whitney test, p < 0.05). ↑, enhanced by phytodetritus; ↓, inhibited by phytodetritus; ↔, no significant variation detected. BGLU, β-glucosidase activity; LIP, lipase activity; AMA, leucine-aminopeptidase activity; HCP, heterotrophic carbon production; DDIC, dark dissolved inorganic C uptake rates; FL-HP, free-living heterotrophic prokaryotes abundance.


Starting communities (Figure 4 and Supplementary Figure 8) comprised typical free-living lineages as SAR11, SAR86, and AEGEAN-169 (Dupont et al., 2012; Giovannoni et al., 2014) sided by clades often observed associated with phytoplankton blooms or reported as feeders on algal-derived compounds (e.g., NS3 and NS5 marine groups and Rhodobacteraceae; Halsey et al., 2012; Amin et al., 2015; Teeling et al., 2016). The latter were more represented in bottom initial communities, suggesting that, albeit free-living, those communities harbored the potential to find, colonize and degrade phytodetrital particles. Starting bottom assemblages were compositionally similar, as expected, since they were collected within the same deep-water mass (High Salinity Shelf Water). Indeed, in the same area, in previous studies we had observed a segregation of deep prokaryotic (Celussi et al., 2010) and protist (Zoccarato et al., 2016) communities according to the water mass they were sampled in. On the other hand, due to the strong physical and biological spatial gradients of the upper water column (Rivaro et al., 2019), surface initial communities widely varied across sampling site (Figure 5). Flavobacteria and SAR11 clades drove the observed differences, accounting for the 75.99 and 61.55% of the sequences retrieved in D and B, respectively (Figure 4).

Flavobacteria are well-known degraders of complex organic molecules, such as proteins and polysaccharides, being less effective in the uptake of smaller and simpler organic substrates (Wietz et al., 2015; Fourquez et al., 2016). These experimentally observed traits are supported by comparative genomic studies showing a conspicuous repertoire of genes involved in high molecular weight (HMW) compounds transport and degradation, sided by a lower number of genes devoted to handle simpler organic substrates (González et al., 2008; Gómez-Pereira et al., 2012; Fernández-Gómez et al., 2013; Williams et al., 2013). It is, therefore, not surprising that Flavobacteria, mainly represented by the Polaribacter genus, constituted a significant fraction of the microcosms community (except for B surface enclosures, Figure 4 and Supplementary Figure 8). At the time of sampling, a diatom bloom was in place in the station D surface layer (Supplementary Results), thus explaining the dominance of Flavobacterial ASVs in this sample. Indeed, most of those ASVs mapped to the genus Polaribacter, a taxon reported as associated with diatom-derived organic matter in both environmental surveys (Teeling et al., 2012, 2016) and experimental enclosures (Wietz et al., 2015; Landa et al., 2018). Noteworthy, amendments with detrital particles at both concentrations in station D samples showed very little community changes (Figure 6 and Supplementary Figure 9). While this was expected in surface samples, as the initial community (i.e., 1 μm-filtered) was already dominated by Polaribacter ASVs (Figure 4), the fact that bottom samples showed the same dynamics, in the face of a highly diverse initial community (Figure 6 and Supplementary Figure 9), was rather puzzling. Although we cannot rule out the influence of the bottle effect, one possible explanation relies on the phytodetrital composition which, besides the high number of diatoms, was mainly composed by Phaeocystis antarctica (>50%, Figure 1). Colonial forms of P. antarctica allocate ∼50% of carbon production to the extracellular mucus that makes up the scaffold of the colonial matrix (DiTullio et al., 2000), making the Phaeocystis-derived detritus a source of HMW polysaccharides. Previous enrichment experiments with Phaeocystis-derived material have shown how the degradation of this organic pool is mostly carried out by Flavobacteria (Brussaard et al., 2005), further explaining their dominance in D samples. Flavobacterial ASVs, mostly represented by the Polaribacter genus, contributed to a consistent part of the final prokaryotic community in all bottom unamended microcosms (Figure 4 and Supplementary Figure 8). Recent in vivo and in vitro studies (Reintjes et al., 2017, 2019) have demonstrated that Flavobacteria representatives are able to assimilate large polysaccharides in their periplasmic space, where subsequent hydrolysis and uptake processes take place. This mechanism, defined as “selfish” uptake, is highly competitive as it implies a reduced diffusive loss of hydrolysis products. The dominance of Flavobacterial representatives in control samples is therefore explained by their capability to efficiently utilize HMW DOM, outcompeting other members of the community. Previous experiments with organic matter enrichments showed similar results (Wietz et al., 2015; Luria et al., 2017; Landa et al., 2018), confirming the ability of this group to efficiently utilize HMW organic matter.

SAR11 is a diverse group, widespread in oligotrophic water across the global ocean (Giovannoni, 2017). Genomic analysis on both environmental and cultivated members of this clade have pointed out peculiar adaptations to thrive in nutrient-poor environments (Sowell et al., 2009; Thompson et al., 2013). This lineage is not able to degrade HMW organic matter, supplying this lack with a high abundance of LMW organic matter transporters (i.e., amino-acids and sugars, Tripp, 2013). Although the relative abundance of SAR11 clade members decreased with the addition of detrital particles, it represented a consistent fraction in all samples (>1%, Figure 4), showing a higher occurrence in samples where Flavobacterial ASVs were poorly represented (e.g., station B experiments, Figure 4). Within their conceptual model, Arnosti et al. (2018) put out a third player, the “scavenging” bacteria, not able to degrade HMW organic matter on their own but rather “scavenging” hydrolysis products produced by external degraders. The SAR11 clade remarkably fits this role, and its “scavenging” behavior has been confirmed in their in vivo experiments. Our results confirm these findings, linking the presence of SAR11 to the prevalence of external hydrolysis of organic matter (as suggested by the high RA of Alteromonadales, Figure 4) and further suggest that, under the appropriate conditions, “scavenging” behavior may be more effective than “selfish” hydrolysis.

While both SAR11 and Flavobacteria were well represented in the initial prokaryotic community, ASVs belonging to the Gammaproteobacterial family Alteromonadales were initially rare, yet they became prevalent in all the enriched bottles of station B, C1 and C2 (Figure 6). A similar pattern has been previously observed in HMW organic matter amendment experiments (Luria et al., 2017; Balmonte et al., 2019) and all these findings point out a major role of these conditionally rare, copiotroph taxa in exploiting organic matter pulses. The increase in Alteromonadales ASVs was always at the detriment of Flavobacterial representatives (Figure 6), in agreement with what has been observed in DOM enrichment experiments in the Southern Ocean (Luria et al., 2017; Landa et al., 2018). Alteromonadales can rapidly take advantages of transient sources of organic matter through their flexible metabolism, which allow them to utilize a wide array of phytoplankton-derived organic molecules (Liu et al., 2017; Sperling et al., 2017). These characteristics make this family the archetype of the r-strategist (Pedler et al., 2014), explaining its dominance in the amended samples. It is interesting to note that within the Alteromonadales order, three different genera dominated in different groups of experiments: Pseudoalteromonas and Idiomarina co-occurred in B and C1 samples and in C2 surface samples, whereas the genus Colwellia was dominant in C2 bottom enclosures (Figures 4, 6). All these three genera have been shown to be able to degrade dimethylsulfoniopropionate (DMSP), a sulfur-containing molecule produced by phytoplankton (Zeng, 2019). As DMSP is mainly produced by diatoms and Phaeocystis spp., the ability to degrade this compound may have been a prominent factor driving the observed Alteromonadales prevalence in amended samples. Among the three genera, Pseudoalteromonas is the only one able to grow using DMSP as a sole source of carbon (Zeng, 2019), a characteristic that may explain its exclusive dominance in samples amended with C1 detritus, the particles pool of which was almost exclusively composed by diatoms (Figure 1). In agreement with our results, specific taxa within this bacterial family have been observed to success during different stages of phytoplankton blooms, indicating (i) that these taxa possess the hydrolytic machinery necessary to rapidly process HMW organic matter and (ii) that different organic matter source drives specific community changes (Teeling et al., 2012, 2016; Buchan et al., 2014).

A conspicuous amount of Archaeal ASVs was retrieved in bottom samples at all stations (∼10%, Figure 4). Albeit by the end of the experiment most of the Archaeal community was wiped out by bacterial ASVs, their presence throughout the incubation was noteworthy (∼1% on d4, Figure 4). Most of the Archaeal ASVs retrieved in our samples belonged to members of Marine Group II (MG II, Euryarchaeota), a group identified as a consistent member of prokaryotic community in both temperate and polar oceans (Zhang et al., 2015; Quero et al., 2020). Metagenomic-inferred physiology suggest that members of MG II possess abundant genes deputed to the handling and utilization of HMW organic matter (Deschamps et al., 2014). Consistent with these findings, Orsi et al. (2015) found an enrichment of MGII sequences in the particle-attached fraction, indicating physical association with particles and therefore, the presence of detrital particles in our experiments may have provided MG II with exploitable substrates, granting their persistence throughout the incubation period.

The particle type, taken as a proxy of the organic matter quality, has been suggested to play a key role in the processes governing the activity and composition of the particle attached bacterial community (Grossart et al., 2005; Teeling et al., 2012). Indeed, we found significant differences in the number of PA prokaryotes according to the detrital pool supplied, with diatom-based detritus yielding the highest number of associated bacteria on d4 (Figure 2). Albeit compositionally different, the final communities were rather similar in terms of potential interaction with particles, harboring two of the major players in particles colonization and degradation (i.e., Flavobacteriales and Alteromonadales). The results of the GLMs showed that the abundance of Pseudo-nitzschia was the only significant factor driving the number of attached bacteria on d0 (p < 0.05), whereas on d4 the response of PA bacteria was significantly related to all the other microplankton taxa (p < 0.001 for Pseudo-nitzschia and Phaeocystis spp., p < 0.05 for Chaetoceros spp., Supplementary Table 3). Given these results, we hypothesize that the observed increase of attached prokaryotes over time may be due to the intrinsic properties of the detrital pool supplied. Diatom-derived detritus indeed, may have represented a more suitable colonization substrate than Phaeocystis-dominated one, providing more particulate material per unit Chl a (Supplementary Table 1). The utterly complex shape of diatom-derived aggregates may enhance prokaryotic colonization by making available a wide variety of microniches as well as by enhancing coagulation with other particles (Zetsche et al., 2020). These properties likely explain the higher number of attached cells that we found on diatom-containing detrital pools. Furthermore, we found significant positive correlation between viruses and diatom abundance in net samples [Spearman’s rho: Pseudo-nitzschia spp. = 0.31; Chaetoceros spp. = 0.19; other diatoms = 0.19, p (fdr) <0.01, n = 128], suggesting that especially diatom-derived phytodetritus represented hot-spots of viral activity during the incubations. This intense activity could thus have caused lysis-derived DOM to diffuse from the aggregates, increasing particles detectability by chemotactic prokaryotes and thus the PA abundance (Kiørboe and Jackson, 2001; Riemann and Grossart, 2008). In addition, this DOM may have represented an additional source of organic matter for FL-HP, contributing to their significant increase in amended samples relative to control ones (Figure 7). It must be noted, however, that the abundance of virus-like-particles was remarkably constant in our microcosms, except for bottles amended with detritus D (Supplementary Figure 4). This suggests a dynamic balance between production and loss processes, possibly represented by detritus-enhanced prokaryotic activity (and thus viral production) vs. detritus-enhanced viral adsorption by particles (Fuhrman, 1999). Despite the similar detrital composition, Stations D and B showed a remarkable difference in colonization yield (Figure 2). Shifts in microbial community composition as the particle ages or sink are correlated with changes in community functioning (Fontanez et al., 2015), leading in turn to modifications of the nutritional properties of the particles (Smith et al., 1992; Martinez et al., 1996). Moreover, the process of particle colonization is highly dynamic (Kiørboe et al., 2004), thus if the particle-OM labile pool is exhausted or selective degradation reduces its palatability for the resident prokaryotes, the most cost-effective strategy consists in finding another particle to exploit, thus increasing the probability to find free-living cells. Furthermore, albeit both detrital pools were Phaeocystis-dominated, a consistent fraction of station D detritus was composed by diatoms (Figure 1), which contain more particles (i.e., active surfaces) per Chl a unit than Phaeocystis (DiTullio and Smith, 1996; Supplementary Table 1), thus providing prokaryotes with a physical scaffold for colonization.



Detritus-Induced Functional Changes

In terms of functional response to phytodetritus addition (Figure 7), diatom-derived organic matter mostly exerted a positive effect on metabolic rates, whereas when enriched with Phaeocystis-derived detritus, microbial communities showed shifts in organic matter degradation patterns.

Metabolic rates measured in microcosms amended with B detritus were consistently the lowest among the four groups of samples (Figure 3). This may be explained by two hypotheses, regarding (i) the composition of the supplied detritus and (ii) the native prokaryotic community composition. The detritus supplied to B bottles was mainly composed by Phaeocystis antarctica, which allocates a significant fraction of its carbon content to carbohydrates (Mathot et al., 2000) that are stored in the forms of glucan or polysaccharides as the growth progress toward senescence (Alderkamp et al., 2007). Our measurement of carbohydrate degradation is limited to the activity of β-glucosidase and thus it is possible that, while this enzyme showed a reduced activity following the addition of detrital particles, a whole, untested, set of polysaccharide degrading enzymes may have been produced to cope with the complexity of the organic matter in this detrital pool. Recent experiments have demonstrated how, following the addition of HMW organic matter, many different glycolytic enzymes are produced (Balmonte et al., 2019), corroborating our hypothesis. Culture and mesocosm-based experiments have shown that Flavobacteria was the major bacterial group involved in Phaeocystis-derived organic matter processing (Brussaard et al., 2005; Alderkamp et al., 2006) and thus their low proportion in B enclosures may explain the low exoenzymatic activities. Consistent with this hypothesis, we observed a shift from carbohydrate to lipid degradation in surface samples (Figure 7). This observation was coupled with the increase in RA of Idiomarina in amended samples. It has been reported that the genome of Idiomarina shows a higher proportion of lipid metabolism-related genes compared to substantial loss of sugar metabolism genes (Hou et al., 2004). The enhancement of BGLU rates in D experiments, despite the similar detrital composition, further corroborate our hypothesis, linking Phaeocystis-derived organic matter degradation with a Flavobacteria-dominated community (Figures 4, 7).

DDIC fixation rates were differentially affected by the distinct pools of phytodetrital particles supplied (Figure 7 and Table 2). Diatom-derived detritus significantly enhanced DDIC uptake, congruently with the other measured metabolic rates, whereas samples amended with Phaeocystis-dominated phytodetritus showed a more puzzling pattern. The highest inorganic carbon fixation rates were found in surface microcosms C2 and D and were correlated to exoenzymatic activities [Spearman’s Rho: BGLU = 0.50, LIP = 0.32, AMA = 0.52; p (fdr) <0.05; n = 32]. Similar findings are reported in Baltar et al. (2016), where DDIC fixation rates and associated transcripts were enhanced following a sudden intensification of bacterial heterotrophic metabolism. Indeed, DDIC is not a prerogative pathway of autotrophs (photo- or chemo-) but heterotrophs can take up and effectively use CO2 through metabolic pathways implicated in the synthesis of fatty acids, nucleotides, and amino acids, as well as in anaplerotic reactions (Alonso-Sáez et al., 2010), making the heterotrophic CO2 assimilation a relevant process for the global carbon cycle (Erb, 2011). Therefore, we hypothesize that the observed steep increase in DDIC fixation rates in microcosms C2 and D was mainly due to an intensified anaplerotic activity, deputed to fuel the intense heterotrophic activity. Moreover, representatives of Polaribacter, Colwellia and Pseudoalteromonas genera have been shown to significantly contribute to DIC uptake (DeLorenzo et al., 2012). These taxa were preponderant members of the community in the enclosures with higher rates of dark DIC fixation, further corroborating our hypothesis of the prevalence of anaplerotic DDIC fixation. It is also worth mentioning that the putatively chemosynthetic taxa Nitrosopumilus (Thaumarchaeota), Nitrospina and LS-NOB (Nitrospinaceae) decreased in relative abundance along with time and detritus concentration, thus suggesting a tuning of DIC uptake from (at least partially) autotrophic to heterotrophic pathways in our 4-day incubations.

Remarkably, we found significant positive correlations between all the metabolic activities tested and attached prokaryotes [Spearman’s rho: BGLU = 0.42; LIP = 0.41; AMA = 0.55; HCP = 0.29; DDIC = 0.51; p (fdr) <0.01; n = 96 for BGLU, LIP, AMA and HCP; n = 32 for DDIC] suggesting that detrital particles represented a significant hotspot of prokaryotic activity during our incubations.




CONCLUSION

We hypothesized that in response to phytodetrital features and concentration, distinct microbial communities would show a different structural and functional response. The artificially generated phytodetritus well captured the peculiar duality of the phytoplankton in the Ross Sea, which is either dominated by Haptophytes (e.g., Phaeocystis spp.) or diatoms (Smith et al., 2014). Amendments with diatom-derived POM induced marked shifts in both surface and bottom communities, led by a consistent increase of Alteromonadales. Enrichments with Phaeocystis-derived material produced different effects on surface and bottom communities. Mild enrichments induced a community-level response while stronger enrichments induced the growth of specific, fast-responsive, taxa (i.e., Alteromonadales and Flavobacteriales). Bottom samples showed an exact inverse pattern highlighting that small pulses of POM are rapidly exploited while more consistent loads of OM re-shuffle the whole community. Our results show that several rare or undetected taxa in the initial community became dominant in the time course of the incubation (4 days). Furthermore, diverse organic matter sources induced site-specific changes in microbial communities, selecting for specific genera which differ in their capabilities to degrade organic matter. These experiments, in combination with the present knowledge of the metabolic strategies of those taxa, suggest that free-living communities represent functional seedbanks for the degradation of particulate organic matter of detrital origin. The emergence of bacterial groups that were also abundant in environmental and experimental phytoplankton-derived organic matter enrichments in the Southern Ocean (i.e., Landa et al., 2016, 2018) emphasize the relevance of our study in shedding light on the microbial community response of this ecosystem to organic matter pulses. Finally, our study provides novel insights on the mechanisms underlying the prokaryotic utilization of detrital particles in the mesopelagic realm, that harbor an overlooked, but significant, pool of organic matter in the dark ocean.
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The current trend of increasing input of terrestrially derived dissolved organic carbon (DOC) to boreal freshwater systems is causing increased levels of carbon dioxide (CO2) supersaturation and degassing. Phosphorus (P) is often the most limiting nutrient for bacterial growth and would thus be expected to increase overall mineralization rates and CO2 production. However, high carbon (C) to P ratios of terrestrially derived DOC could also cause elevated cell-specific respiration of the excess C in heterotrophic bacteria. Using data from a survey of 75 Scandinavian lakes along an ecosystem gradient of DOC, we estimated in situ CO2 production rates. These rates showed a unimodal response with DOC-specific CO2 production negatively related to DOC:total phosphorus (TP) ratio, and a turning point at 5 mg C L−1, indicating higher DOC turnover rates in productive than in unproductive lakes. To further assess the dependency of bacterial respiration (BR) on DOC and P, we monitored CO2 production in incubations of water with a gradient of DOC crossed with two levels of inorganic P. Finally, we crossed DOC and P with a temperature gradient to test the temperature dependency of respiration rates [as oxygen (O2) consumption]. While total CO2 production seemed to be unaffected by P additions, respiration rates, and growth yields, as estimated by ribosomal gene copy numbers, suggest increased bacterial growth and decreased cell-specific respiration under non-limited P conditions. Respiration rates showed a sigmoid response to increasing DOC availability reaching a plateau at about 20 mg C L−1 of initial DOC concentrations. In addition to these P and DOC level effects, respiration rates responded in a non-monotonic fashion to temperature with an increase in respiration rates by a factor of 2.6 (±0.2) from 15 to 25°C and a decrease above 30°C. The combined results from the survey and experiments highlight DOC as the major determinant of CO2 production in boreal lakes, with P and temperature as significant modulators of respiration kinetics.

Keywords: dissolved organic carbon-mineralization, lake metabolism, response curves, phosphorus addition, stoichiometry


INTRODUCTION

Heterotrophic bacteria play a key role in aquatic ecosystems, consuming dissolved organic carbon (DOC) and converting it to carbon dioxide (CO2) through bacterial respiration (BR; Del Giorgio et al., 1997; Duarte and Prairie, 2005) and biomass through bacterial production (BP; Del Giorgio and Cole, 1998; Jansson et al., 2006; Berggren et al., 2010).

Bacterial respiration is probably the largest biotic sink of organic carbon on Earth and DOC constitutes a major part of the bulk organic carbon globally (Del Giorgio and Williams, 2005; Drake et al., 2018). Together this makes aquatic bacteria an essential part of the global carbon (C) budget.

The DOC sustaining heterotrophic bacterial metabolism in aquatic ecosystems originates either from primary production within the system (autochthonous DOC) or from terrestrial primary production in the catchment (allochthonous DOC). There is a current trend of increasing transport of terrestrial DOC, to some extent also of total phosphorus (TP) and total nitrogen (TN), to inland waters, caused by factors such as recovery from acidification, climate change, and land use change (Monteith et al., 2007; Kellerman et al., 2015; Finstad et al., 2016; Kritzberg, 2017; Škerlep et al., 2020).

Allochthonous DOC contains a mixture of substances with a variety of molecular size, age, and bioavailability (Neff and Asner, 2001). A large portion of the allochthonous DOC is composed of humic substances, containing aromatic hydrocarbons of high C to nutrient ratios (Mcknight and Aiken, 1998). In humic-rich, low-productive lakes, typical for the boreal zone terrestrially derived substrates often make up the main source of energy and nutrients for bacterial maintenance and growth (Hessen et al., 1990; Karlsson et al., 2007). This decouples the microbial metabolism from the conventional “microbial loop” fueled by autochthonous DOC from algal exudates. In such DOC-rich systems, BR and BP are positively correlated to concentrations of allochthonous DOC rather than to primary production (Jones, 1992; Jansson et al., 2000; Karlsson et al., 2007).

The aromaticity of humic substances causes efficient light absorption and renders DOC prone to photochemical degradation. Allochthonous DOC thus attenuates light and reduces CO2 uptake through primary production, while promoting CO2 production through both biological and photochemical mineralization. Allochthonous DOC is a key driver of the in-lake partial pressure of CO2 (Sobek et al., 2003; Humborg et al., 2010; Larsen et al., 2011). High DOC input renders most boreal lakes net heterotrophic, serving as major conduits of CO2 to the atmosphere (Hessen et al., 1990; Cole et al., 1994; Sobek et al., 2003).

The share of the total assimilated organic carbon used for BP is given by the bacterial growth efficiency [BGE = BP/(BP + BR)], determining to what degree bacterial metabolism results in bacterial biomass production or in mineralization of organic carbon (Del Giorgio and Cole, 1998). In planktonic communities, BGE varies substantially and has been shown to depend on the quality rather than the quantity of the DOC (Vallino et al., 1996).

Bacterial carbon utilization efficiency is governed by the nutrient to C ratio of the substrate and availability of inorganic nutrients. Bacteria have a high nutrient demand, such that heterotrophic bacteria may dispose of “excess C” under high C-to-nutrient regimes (Hessen, 1992; Hessen and Anderson, 2008). While bacterial metabolism is often limited by C, N, and P, bacterial biomass accumulation is primarily limited by P and N as these are essential building blocks for RNAs and proteins (Sterner and Elser, 2002). However, there is a trade-off in microbial response to substrate C:P ratios. High C:P promotes increased cell-specific respiration, while elevated P support increased growth and biomass accumulation, thus increasing community respiration while the cell-specific respiration still may be reduced and BGE high (Hessen, 1992). Bacterial degradation of DOC at nutrient sufficiency will most likely result in C allocation to bacterial growth, while nutrient limitation may result in higher respiratory rates as the bacteria dispose of excess C (Smith and Prairie, 2004; Hessen and Anderson, 2008; Berggren et al., 2010).

The C to nutrient ratio thus has great implications for the BGE and the cycling and fate of C in a planktonic habitat. Inorganic P is the most frequently reported limiting nutrient for BP (Vadstein, 2000) and it is mainly the P availability that regulates the use of DOC for growth. Experiments of adding DOC and inorganic P to oligotrophic lake waters have shown that low BGE’s accompanying increased C:P ratios do not necessarily mean that BP is decreasing but rather that BR is increasing (Jansson et al., 2006).

Together with increased run-off and biomass production, air and water temperatures are increasing with the ongoing climate warming (Schneider and Hook, 2010; O’Reilly et al., 2015). Temperature has a fundamental role in regulating the activity and growth of microorganisms (Farrell and Rose, 1967; Madigan et al., 1997). While it can be broadly stated that metabolism increases with temperature up to a certain level, the rate of the exponential increase differs between organisms, reactions, and temperature ranges. Although the rates of both BP and BR increase with temperature, several studies have reported that the temperature dependency of BR is stronger than that of BP and as a consequence, BGE has often been shown to decrease at increasing temperatures (Rivkin and Legendre, 2001; Apple et al., 2006; Berggren et al., 2010; Kritzberg et al., 2010).

Furthermore, the temperature dependency of bacterioplankton metabolic rates interacts with the substrate quantity and quality. Metabolic rates have been shown to be less temperature dependent for heterotrophic bacteria growing on labile autochthonous DOC than when growing on complex and recalcitrant allochthonous DOC (Ylla et al., 2012; Jane and Rose, 2018). In aquatic systems with a DOC pool heavily influenced by terrestrial inputs, increased temperatures are expected to further enhance BR, expanding the role of heterotrophic bacteria as CO2 conduits to the atmosphere.

Microbial mineralization of DOC thus depends on several interacting factors. Although we can expect that increased loadings of terrestrially derived DOC and nutrients and enhanced temperatures increase bacterial growth and metabolism, more studies are needed to elucidate how the different environmental factors interact.

In this study, we used chemical and physical data from 75 Scandinavian lakes to estimate in-lake CO2 production. The lakes spanned close to orthogonal ecosystem gradients in DOC and TP, allowing us to assess the interactive effects of these two parameters on CO2 production. To test for dynamic responses of bacterioplankton respiration to allochthonous DOC concentrations, nutrient availability, and temperature, we additionally performed experimental incubations. During 1-week incubations, we monitored respiration in two experimental set-ups, one addressing CO2 production and the other O2 consumption. A gradient of DOC concentrations was achieved by adding natural organic matter (NOM; isolates from a Norwegian humic lake obtained through reverse osmosis) to clear lake water.



MATERIALS AND METHODS


Field Sites

During July and August of 2011, a set of 75 large lakes spread out over a geographical gradient from western Norway to eastern Sweden was sampled (Figure 1). The lakes were chosen to represent wide and close to orthogonal gradients in dissolved organic matter (DOM) and TP. To avoid strong temperature gradients the lakes were chosen within a narrow latitudinal and altitudinal range. All lakes met the following criteria: latitude 57–64°N, altitude <600 m, surface area > 1 km2, pH > 5, TP < 30 μg L−1, and DOC <30 mg L−1. The lakes were sampled by plane in a synoptic survey, and composite samples of a total of 15 L were taken from 0 to 5 m in the central part of each lake during daytime, using an integrating water sampler (Hydro-BIOS, Germany). Vertical temperature profiles and vertical profiles of scalar irradiance (see SI for more detail) were measured using XRX-620 10-channel CTD (RBR Ltd., Canada). Vertical temperature profiles indicated that the thermocline was deeper than 5 m in all lakes. The integrated 0–5 m samples could thus be considered representative of the mixed layers of the lakes.
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FIGURE 1. Map of the survey lakes, the size of the circles indicates the concentrations of dissolved organic carbon (DOC; mg L−1).




Laboratory Analyses of Lake Samples

Concentrations of TP, total organic carbon (TOC), and TN were measured in two accredited laboratories, at the Norwegian Institute for Water Research (NIVA) and at the University of Oslo (UiO). Total inorganic carbon (TIC) was measured at UiO (see SI and Thrane et al., 2014 for details).

Dissolved CO2 and O2 were measured as headspace concentrations in acid (0.2% HgCl) fixed samples by gas chromatography (GC) analysis (see SI and Yang et al., 2015 for details). Chlorophyll a (chl a) concentration was measured in two different ways, both by high performance liquid chromatography (HPLC; Schagerl and Donabuam, 2003) and by fluorescence spectrometry after extraction in 96% ethanol. The averages of the two methods (which generally matched well) were used in further analyses. Chromophoric dissolved organic matter (CDOM) optical density [ODCDOM(λ)] of 20 ml filtered lake water (Acrodisc 0.2 μm polyethersulfone membrane syringe filter, Pall Life Sciences) was measured from 400 to 750 nm in steps of 1 nm. According to Mitchell et al. (2002), from which we calculated the absorption coefficient spectra of CDOM [aCDOM(λ); m−1].

Area-specific primary production (PPA; mg C m−2 d−1) was calculated using a bio-optical model based on lake-specific phytoplankton absorption coefficients, daily in situ irradiance, and the light dependent quantum yield of photosystem II measured by a Pulse Amplitude Modulated (PAM) fluorometer (AquaPen-C 100, PSI Czech Republic; for details see SI and Thrane et al., 2014). As PPA here is a measure of CO2 consumption, we can note it as the CO2 flux from water to primary producers FPP.

Water-air flux of CO2 (Fnet) represents the net degassing of CO2 from the surface and was calculated from surface CO2 concentrations of each lake using Fick’s law of diffusion.

[image: image]

where the CO2 gas exchange (kCO2) coefficient was obtained according to Jähne et al. (1987) and Cole and Caraco (1998; for details see SI and Yang et al., 2015).



Total CO2 Production

From the dataset, it was not possible to distinguish between lateral input of CO2 (Flat; surface and ground water inflow) and in-lake production of CO2 (Fmin; microbial and photochemical mineralization of DOC). The sum of in-lake DOC mineralization and lateral input was therefore used as an estimate of total CO2 production (Ftot = Flat + Fmin). Assuming a steady state of the CO2 saturation deficit, the mass balance due to production, lateral input, consumption, and evasion can be written as:

[image: image]

And therefore
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Experimental Design

To investigate the effects of DOC and P additions on bacterioplankton respiration in more detail, we incubated water samples with a gradient in dissolved NOM concentrations crossing it with two levels of inorganic P. Samples were incubated in the dark using two different experimental set-ups and methods. During the incubations, we monitored bacterioplankton respiration through measurements of either CO2 production or O2 consumption, depending on the set-up. Samples for microbial biomass were taken upon termination of the experiments with the aim of assessing biomass from a flow-cytometer equipped with a plate reader set-up. However, despite trying with different stains and protocols, the samples were obscured by background scatter from the added DOC, and hence did not provide reliable counts. Ideally, the dynamic responses in CO2 and O2 should have been verified not only with bacterial counts but also assessment of community response by genetic screening and transcriptomics. This does, however, require a different set-up with larger volumes and a more frequent sampling regime that does not compromise the semi-continuous gas analysis. With the current set-up, we prioritized the gas analysis as the ultimate response output but assessed final microbial biomass from quantitative PCR (qPCR) on filtered samples when terminating the experiment.




SOURCE OF DOM

The DOM gradient was obtained using a NOM isolates from the DOC-rich boreal bog/lake Hellerudmyra close to Oslo, produced within the NOM-typing and the NOMiNiC projects (see Gjessing et al., 1999 and Vogt et al., 2001 for isolation protocol and characterization). This is a powder material up-concentrated from freshwater through reverse osmosis and isolated by freeze-drying of the concentrate. While also containing non-humic material, the major fraction of the NOM isolate consists of humic substances. The carbon fraction of the isolate is 33.7%. The NOM powder was mixed in deionized water to a stock solution of DOM with a DOC concentration of 1,000 mg C L−1 and filter sterilized through a 0.2 μm pore size Supor membrane filter (Gelman, CO, USA). While the isolation and up-concentration of the material enriches various elements, the DOM retains its “natural” properties (Gjessing et al., 1999; Vogt et al., 2001), and should be superior to artificial sources of DOC.


Preparation of the Media

The DOM stock solution was diluted to the desired DOC concentrations in sterile filtered (0.2 μm pore size Supor membrane filter; Gelman, CO, United States) drinking water from the tap. This water comes from the oligotrophic and pristine lake Maridalsvannet in the municipality of Oslo, Norway. The water is treated following protocols for drinking water. The processing includes alkalization/carbonazation by marble and CO2, coagulation and particle separation in Actiflo followed by two media filter, and UV irradiation for disinfection. Besides disinfecting, the UV treatment also lowers the CDOM content in the water. The treatments do not eliminate essential trace metals and macronutrients in the water, giving background concentrations of DOC and total N of 2 mg L−1 and 0.01 mg L−1, respectively, while the background total P was below detection limits.

The samples were inoculated with 1% of the total sample volume of fresh water from a stream draining Hellerudmyra from where the DOM was isolated. The inoculum was filtered (2 μm) to remove large particles and protists.



Experimental Set-Up 1: CO2 Production

We used 14 levels of DOC additions between 0 and 50 mg L−1 (0 mg L−1, 2.5 mg L−1, 5 mg L−1, 7.5 mg L−1, 10 mg L−1, 12.5 mg L−1, 15 mg L−1, 17.5 mg L−1, 20 mg L−1, 22.5 mg L−1, 25 mg L−1, 34 mg L−1, 41 mg L−1, and 50 mg L−1). The DOC gradient was crossed with two levels of PO4-P additions (0 and 2 μmol L−1). To make sure that N was not limiting, 30 μmol L−1 each of NO3-N and NH4-N, resulting in a total of 60 μmol L−1 N, were added to all samples. In samples with P additions, the C:N:P ratio thus ranged between 82:30:1 and 2160:30:1.

The incubations were carried out in the dark in a temperature-controlled water bath at 20°C. Samples of 50 ml were transferred into 122 ml, acid washed glass vials equipped with acid washed magnetic stirrers. The vials were crimp sealed with butyl rubber septa. Before incubation, the vials were washed with HeO2 (80/20%) by 6 cycles of evacuation and filling using a manifold, while stirring the samples at 400 rpm to remove CO2 and nitrogen gas (N2). The samples were incubated constantly stirred (400 rpm) for 10 days at 20°C, while CO2 production and O2 uptake were measured automatically by GC every 6 h using the robotized set-up described by Molstad et al. (2016) with some modifications. Since these vials contained 50 ml water and 70 ml air, the O2 uptake was small relative to the large amount of O2 in the headspace and we could not measure uptake rates with sufficient precision.



Experimental Set-Up 1: Ribosomal RNA Gene Copy Numbers

To approximate bacterial growth yields we measured bacterial 16S ribosomal RNA (rRNA) gene copy numbers using a qPCR protocol (Savio et al., 2015). In short, 40 ml of water from each incubation were filtered through 0.2 μm Supor PES membrane filters (Pall Corporation, CA, United States) at the end of the experiment. Filters were stored at −80°C until DNA extraction was performed using the Dneasy PowerSoil kit as recommended by the manufacturer (Qiagen, Germany). Total DNA concentration was assessed using a Qubit ds DNA Broad-Range Assay (London, United Kingdom), and 16S rRNA genes were quantified using a bacteria-specific qPCR. qPCR reactions contained 2.5 μl DNA extract as the template and 0.2 μM each of the primers 8F and 338 (Frank et al., 2007; Fierer et al., 2008) targeting the V1-V2 region of most bacterial 16S rRNA genes and iQ SYBR Green Supermix (Bio-Rad Laboratories, Hercules, USA). Samples were run in triplicates together with a dilution series of the ZymoBIOMICS Gut Microbiome Standard (Zymo Research, Irvine, USA) to obtain 16S rRNA gene copy numbers in each incubation.



Experimental Set-Up 2: Dissolved Oxygen Consumption

The second experimental set-up was designed with fewer DOC levels (0 mg L−1, 25 mg L−1, and 50 mg L−1) plus an additional crossing with four temperatures (10, 15, 25, and 30°C). All treatments were run in quadruplicates.

The incubations were carried out in the dark, placed in a water bath in a climate chamber to assure stable temperature. Dissolved oxygen concentrations were measured over 7 days of incubation with a SensorDish Reader (SDR; resolution: ±0.4% O2 at 20.9% O2, PreSens GmbH, Regensburg, Germany) using non-invasive fluorescence sensor spots placed in the bottoms of 5 ml vials, which were measured by optodes. The vials were washed with 70% ethanol and baked at 80°C for 10 h before filling them with sample and leaving them in the incubator for temperature equilibration for 2 h. After the equilibration, we inoculated the samples and filled the vials to the top, leaving no headspace. The vials were then closed and additionally sealed with parafilm to avoid gas diffusion. Vials with deionized water were used as controls to check for O2 leakage. Dissolved oxygen concentrations were recorded automatically every 15 s. O2 consumption rates were may represent CO2 production rates, assuming a respiratory quotient (RQ: mole CO2 produced/mole O2 consumed) equal to 1. Although humic-rich substances are completely oxidized at an RQ of 0.9 (Dilly, 2001), anabolic processes contributes to higher RQs than catabolic respiration alone (Dilly, 2003; Berggren et al., 2012). We therefore believe that an RQ of 1 is an appropriate assumption. However, in the analysis, we use the rates of O2 consumption that indirectly represent CO2 production rates (see below), and thus the RQ value does not affect the results. In some treatments, the O2 was depleted toward anoxia, but this should not affect our analysis since the initial slopes of the uptake curves, when the incubations still were oxic, to estimate bacterial growth.

Temperature sensitivity of the respiration rates were analyzed using the Q10 coefficient as the relative change in rate when increasing the temperature by 10°C.
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where R is the rate, here the respiration rate (μmol CO2 L−1 h−1) and T is the temperature in centigrade.



Modeling the Respiration Curves

Respiration curves and growth rates were modeled using the packages mgcv (Wood, 2011) and gratia (Simpson, 2018) in R (R Core Team, 2020). A generalized additive model (gam) with simple factor smoothers on time and grouped by experimental unit was fitted to all the measured time-series data. The fitted curves were then differentiated, using the derivatives function from the gratia package (Simpson, 2018) to estimate the time course of the net rate of change in each experimental unit. From the fitted derivatives we calculated maximum O2 consumption or CO2 production rates for each experimental unit. The time until the maximum rate was reached was used as a measure of the lag phase.



Statistics

All data analysis was performed using the open-source software R version 4.0.2 (R Core Team, 2020). Lake variables were checked for normality and log-transformed where needed. Correlations are reported using Pearson’s correlation coefficients and all error estimates are given in standard errors. For the statistical modeling, we used the mgcv package (Wood, 2011) fitting gam models for prediction of the dependent variables. To test the dependency of total CO2 production (Ftot; mg C m−2 d−1), we used a gam model with smoothers on each of the explanatory variables DOC (mg L−1), TP (μg L−1), TN (mg L−1), TIC (mg L−1), SUVA400 (L mg-C−1 m−1), and temperature (°C). Predictive variable selection was done by applying additional shrinkage on the null space of the penalty with the select = TRUE argument in the mgcv::gam function, as recommended by Marra and Wood (2011). The resulting model has all smoothers that are not necessary for the fit as close to zero as possible.

For the analysis of the experimental results, individual gam models were fitted to samples with and without P additions (and the three levels of DOC concentrations in the second experiment), respectively. In the case of experimental set-up 1, gams were fitted with DOC concentration as the explanatory variable, while in experimental set-up 2 temperature was used. We also performed an analysis of covariance to test for treatment effects of P (experimental set-up 1) or P and temperature (experimental set-up 2).




RESULTS


Lake Survey

Concentrations of both DOC and TP varied largely among lakes, with DOC concentrations ranging between 0.25 and 12.9 mg L−1 and TP between 0.5 and 27.5 μg L−1. Although lakes had been selected for orthogonality between DOC and TP, there was a correlation between the two variables (p < 0.001, r = 0.61, log-log). Still a considerable scatter indicates reasonable orthogonality. Other important cross-correlations that need to be considered in data interpretation are positive relationships of TN with both TP and DOC concentrations (Supplementary Figure S1).

Dissolved CO2 concentrations spanned two orders of magnitude (0.82–133 μmol L−1) with the majority of the lakes being strongly supersaturated with CO2 as indicated by an average CO2 of more than twice that at atmospheric equilibrium. This supersaturation conveys evasion of CO2 to the atmosphere from most lakes and net-heterotrophy of the lake systems during the sampling campaign. As expected, the level of CO2 saturation was positively correlated with DOC concentration (p < 0.001; r = 0.52) and negatively correlated with O2 saturation (p < 0.001; r = −0.69; Supplementary Figure S2) and thus reflects the role of DOC as a driver of heterotrophy. There was no correlation between TIC and CO2 saturation deficit, suggesting that in-lake processes were the main cause of CO2 supersaturation.

Areal primary production (PPA) was not significantly correlated to CO2 concentrations, providing no support for primary production being boosted by CO2 in CO2 rich lakes. Still, PPA was weakly but negatively related to DOC concentrations (p = 0.05; r = −0.23, log-log; Thrane et al., 2014), and somewhat (but non-significant) lower in high CO2 lakes than in lakes with low CO2 concentrations. In addition, PPA was negatively related to the DOC: TP ratio (p < 0.001; r = −0.60; Supplementary Figure S3A). Total CO2 (Ftot) production here represents both CO2 produced in lakes and CO2 coming into lakes from the surroundings via ground water and run-off and was estimated as the sum of net CO2 evasion and a real primary production (Ftot = Fmin + Flat = Fnet + FPP). The gam model explained 77% of the total deviance in total CO2 production with strong effects of DOC, TP, and TN. TIC and temperature had weak effects and SUVA had no effect on total CO2 production (Figure 2). Relating total CO2 production to DOC concentration revealed a unimodal response to increased DOC concentrations with a minimum value at around 5 mg L−1 (Figure 2). Carbon concentration-specific CO2 production [Ftot: (mg C m−2 d−1)/DOC(mg C m−2)] was positively related to PPA (p < 0.001, r = 0.60, log-log) and was thus, similar to PPA, decreasing with an increasing DOC:TP ratio (Supplementary Figure S3B).
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FIGURE 2. Result plot of the generalized additive models (gams) predicting total carbon dioxide (CO2) production (Ftot; mg C m−2 d−1). The effect of DOC (mg L−1) was strong and clearly unimodal with a minimum around 5 mg L−1. Total phosphorus (TP; μg L−1) and total nitrogen (TN; mg L−1) had strong linear effects. The effects of total inorganic carbon (TIC; mg L−1) and temperature (°C) were weak, while SUVA400 (L mg-C−1 m−1) had no effect on total CO2 production.




Incubation Experiments

To test for dynamic responses underlying the patterns observed across lakes, two experimental incubations were performed, one addressing the production of CO2, and the other the consumption of O2. Both incubations were performed in the dark, hence they reflect heterotrophic microbial mineralization.

In the CO2 production experiment, DOC concentration had a positive effect on CO2 production in all samples, regardless of P level. However, P had a strong effect on the kinetics of CO2 production and hence the shape of the CO2 accumulation curves (Supplementary Figure S4). While all treatments showed non-linear CO2 accumulation similar to logistic growth, the exponential phase was more distinct and steeper in the treatments receiving P additions. CO2 production was faster and leveled off earlier and more distinctively in P-spiked than in P-limited samples. This effect was most pronounced for initial DOC concentrations up to 25 mg L−1. The lag phase was more pronounced in P-spiked samples but decreased in length with increasing DOC concentrations. At DOC concentrations >25 mg L−1, CO2 concentrations kept increasing at a slower pace after an initial exponential phase without reaching a plateau (Supplementary Figure S4).

The total amount of CO2 produced during the laboratory incubation increased monotonously with initial DOC concentration until reaching a threshold value (~10 mg L−1), above which cumulative CO2 production appeared to be independent of the amount of DOC supplied, before increasing again with DOC concentration above 30 mg L−1, albeit at lower rate (Figure 3A). Treatments with P additions had a somewhat lower threshold value than treatments without P additions. Still, the total amount of CO2 produced during the incubations were similar in samples with or without P additions (Supplementary Table S1), while higher rRNA gene copy numbers were observed in P-spiked samples (Figure 3B; Supplementary Table S1). Consequently, estimates of rRNA gene copy number-specific respiration, used here as a proxy for bacterial growth yield, were lower in P-spiked than non-spiked samples (Figure 3C; Supplementary Table S1), indicating less respiration per unit biomass produced and hence larger growth yields due to P addition. There was also an increase in rRNA gene copy numbers with increasing DOC concentrations in P-spiked and non-spiked samples (Figure 3B), while estimates of rRNA gene copy number-specific respiration showed no clear trends with regards to DOC concentrations (Figure 3C).
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FIGURE 3. The response of (A) total CO2 production (μmol L−1) during the entire incubation (240 h), (B) yield in bacterial 16S ribosomal RNA (rRNA) gene copy number (copies L−1), (C) bacterial 16S rRNA gene copy number-specific respiration (fmol CO2 copy−1), and (D) maximum CO2 production rates (μmol L−1 h−1) to increased DOC concentrations (mg L−1). The solid and dotted lines are fitted gams to samples with and without phosphorus (P) additions, respectively, with shaded areas representing the confidence interval of the gams. Statistics of the gams can be found in Supplementary Table S1.


Similar to total CO2 production, the maximum observed respiration rates at any time during the incubation, increased steadily with increasing DOC up to 20 mg L−1 (Figure 3D). Below this threshold value, maximum inducible respiration rates were clearly higher in P spiked than in P limited samples. Maximum inducible respiration rates increased by about 9% for each mg DOC L−1 up to 20 mg L−1, regardless of P level. At DOC concentrations >20 mg L−1, the increase in respiration rates with increasing DOC halted abruptly and stayed constant with similar rates at the two P levels.

The fraction of the DOC pool that was respired to CO2 during the course of the experiments was similar across the P levels, but decreased with DOC concentration. At concentrations above the threshold of 20 mg L−1, the respired fraction of the DOC pool was about 5% (Supplementary Figure S6).

In the O2 consumption experiment, the dynamic response in O2 uptake to DOC and P as well as temperature was tested. Similar to the CO2 production curves, the shapes of the O2 consumption curves differed substantially depending on P level with a more pronounced exponential phase in samples receiving P additions than in samples without P additions (Supplementary Figure S5). Respiration rate was also highly dependent on temperature (Figure 4). Maximum O2 consumption rates were mainly related to P level and temperature (Supplementary Table S1), while the regression estimate of the DOC concentration effect was non-significant (Supplementary Table S1).
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FIGURE 4. The response of maximum oxygen (O2; μmol L−1 h−1) consumption rates to increased temperatures. The solid and dotted lines are fitted gam curves [y ~ s(x)] curves to samples with and without P additions, respectively. The color gradient represents DOC additions, going from light for no additions to dark for 50 mg C L−1.


Respiration rates in the 10°C incubation were close to zero, possibly reflecting that respiration had not started to increase before the incubation was stopped and that the incubation time thus was too short with the lowest temperature. Respiration rates increased from 15 to 25°C with a Q10 of 2.6 (±0.2) and no significant difference in Q10 between samples of different P levels. From 25 to 30°C, the respiration rates decreased with a Q10 < 1. Here the Q10 also differed between P spiked (0.44 ± 0.09) and P limited (0.94 ± 0.05) samples.




DISCUSSION


DOC and P Availability Regulating Total CO2 Production in Lakes

In this study, we analyzed data from a lake survey comprising 75 Scandinavian lakes chosen to represent gradients in DOM and P concentrations. Chemical and physical data from the lakes were used to estimate total CO2 production. As it was not possible to distinguish between in-lake production and lateral input of CO2 (from inflowing rivers or groundwater input), total CO2 production was used to lump both sources. Notwithstanding, we found a strong relationship between O2 and CO2 saturation deficits (r = −0.70; Supplementary Figure S2). The intercept was not significantly different from zero and lakes that were saturated with O2 were thus also saturated with CO2, indicating that microbial respiration was the predominant source of CO2 in the lakes. Furthermore, we found no correlation between TIC and CO2 deficit, suggesting that processes within the lakes rather than lateral input regulate the CO2 supersaturation. Although some studies have shown that DIC input from the catchment plays a larger role for explaining CO2 evasion from lakes than previously thought (Maberly et al., 2013; Leith et al., 2015; Weyhenmeyer et al., 2015), the largest contributor to CO2 supersaturation in the studied lakes was most probably microbial mineralization.

The observed unimodal response of total CO2 production to increased DOC concentrations (Figure 2), however, suggests a shift in substrate from mainly autochthonous to predominantly allochthonous DOC. Autochthonous DOC is generally more bioavailable and of higher nutritious value with a lower C:P ratio (Søndergaard et al., 1995). When DOC of both phytoplankton and terrestrial origin is available, heterotrophic bacteria prefer the former as substrate for catabolic processes (Kritzberg et al., 2004). Estimated CO2 production rates decreased with increasing DOC concentration until a minimum was reached at around 5 mg L−1. Correspondingly, primary production rates are commonly reported to increase with DOC concentrations until around 5 mg C L−1, after which the rates are declining (Karlsson et al., 2007; Seekell et al., 2015; Tanentzap et al., 2017). This unimodal response is likely reflecting a trade-off between nutrients associated with DOC and the increasing light attenuation caused by CDOM. Modest increases in DOC may also be beneficial by blocking out short-wave UV-radiation (Palen et al., 2002). Above 5 mg L−1, an increasing portion of the DOC pool is of terrestrial origin and CO2 production rates thus increase linearly with increasing DOC concentrations.

The DOC concentration-specific CO2 production, i.e., the rates of CO2 production per unit of DOC concentration, was positively related to PPA, indicating that a larger share of the DOC pool was respired in more productive lakes. The DOC:TP ratio had a negative effect on PPA, and consequently, the DOC:TP ratio also had a negative effect on the DOC concentration-specific CO2 production (Supplementary Figure S3). This may seem to contradict the notion that BR increases with increased C:P ratios (Jansson et al., 2006). However, on a community level low BGE at high C:P ratios has been coupled to decreasing BP rates rather than increasing BR rates (Smith and Prairie, 2004). Higher DOC concentration-specific CO2 production indicates faster DOC turnover in the low than in the high C:P lakes. A larger share of the DOC pool is degraded, probably accompanied with higher bacterial density in productive than in unproductive lakes. This implies a more bioavailable DOC pool in productive than in unproductive lakes, and could also suggest that this is explained by a lower C:P ratio of the substrate.



Experimental Validation of Drivers

While lake gradients may provide general patterns, the mechanistic drivers can only be revealed experimentally. To disentangle the role of DOC relative to P, we conducted two experiments. First, we measured BR along a gradient of DOC concentrations crossed with two levels of inorganic P concentrations. Since this DOC was an isolate from a humic lake (see section “Materials and Methods”), it represented primarily allochthonous C. We found clear differences in the kinetics of CO2 production between P spiked and P-limited samples. The CO2 accumulation curves of P-spiked samples showed a pronounced exponential phase until reaching a plateau, similar to a bacterial growth curve reaching substrate limitation (Supplementary Figure S4). The kinetic patterns suggested that P-spiking boosted respiratory rates leading to substrate limitation earlier during incubation. The longer lag phase in P-spiked samples could be explained by a major shift in community composition. P-limited samples would represent a situation with minor shifts in community composition. The rRNA gene copy number-specific respiration suggests that cell-specific respiration increased under P-limited conditions. Accordingly, Smith and Prairie (2004) found cell-specific respiration to be negatively related to P supply. They further report that on a per cell basis, BR explained the greatest amount of variation in BGE. This would suggest a higher BGE in P-spiked than in P-limited samples in our experiment, provided a higher BR cell−1 in P-limited compared to P-spiked samples, as reflected by the lower rRNA gene copy number-specific respiration in P-spiked samples. More P, however, also releases the bacteria from P-limitation, hence causing higher metabolic activity. The balance between respiration due to excess C (i.e., under high substrate C:P) or respiration powered by increased metabolic activity under elevated P (i.e., low C:P) is not straight forward, since increased P also would stimulate bacterial growth and thus community metabolism. This unpredictability is corroborated by our results as rRNA gene copy number-specific respiration in non-spiked samples showed a negative trend with increasing DOC concentrations, while under P addition a significant increase in rRNA gene copy number-specific respiration could be observed. Previous studies with C and P manipulations, showed good correspondence between bacterial biomass and CO2 production (Hessen et al., 1994), but in the absence of reliable day-to-day microbial counts we cannot fully resolve this stoichiometric response at the cellular versus the community level.

The cumulative amount of CO2 produced during the incubation was higher in P-spiked than in P-limited samples at low initial DOC concentrations (<10 mg L−1; Figure 3A). In the intermediate DOC range (12.5–25 mg L−1), however, this trend shifted and more of the available DOC was respired in P-limited than in P-spiked samples (Supplementary Figure S4). The larger cumulative CO2 production in P-limited samples above ~20 mg L−1 initial DOC could reflect that the slow-growing population assimilated the substrate at a slower pace and that the major share of the assimilated DOC was used for maintenance and hence was respired. However, this is not corroborated by rRNA gene copy number-specific respiration. The bioavailable fraction of DOC was consumed more rapidly when P was available than when P was limiting, reflecting faster DOC turnover similar to the findings in the lake survey.

We added a fixed amount of naturally isolated DOC at the beginning of the experiment, and microbial assimilation and respiration depleted a large share of the bioavailable fraction of this DOC during the course of the experiment. In a natural environment, however, fresh DOC would enter the aquatic system, e.g., by rainfall and influx from the catchment via rivers, brooks, or surface run-off, eventually by vertical mixing, constantly refreshing the DOC pool. Further, recalcitrant DOC would undergo photochemical processing that breaks down high molecular weight humic acids into more bioavailable substrates (Bertilsson and Tranvik, 1998). Under such conditions, mineralization would continue to increase with increasing DOC concentrations, and continuous supply of P would support higher rates of mineralization. This is in accordance with the findings from the lake survey where total CO2 production rates increased with decreasing DOC:TP ratios (Supplementary Figure S3B) and increasing TP.

In the laboratory experiments, respiration rates increased with increasing DOC concentration up to 20 mg L−1. This increase in respiration with DOC was in accordance with the increase in total CO2 production rates at increased DOC concentration >5 mg L−1 found in the lake survey (Figure 2). Many boreal lakes have DOC concentrations below 20 mg L−1 (in our lake survey, for instance, the maximum value was 12.9 mg C L−1) and a continued increase in BR with increased terrestrially derived DOC up to about 20 mg L−1 could be expected.

The respired fraction of DOC in the laboratory experiment was small (max 18%) and decreased with increased DOC concentration beyond a distinct peak at 12.5 mg DOC L−1 (Supplementary Figure S6). Since the source of DOC and thus the bioavailable share was the same in all samples, this suggests a lower mineralization efficiency with increased concentrations of DOC. In high DOC (>25 mg L−1) treatments, the CO2 accumulation curves of neither P-spiked nor P-limited samples reached a plateau (Supplementary Figure S4), suggesting that mineralization would continue beyond the 200 h of incubation, although at lower pace.

In the experiment using O2-consumption as proxy for microbial activity (Supplementary Figure S5), temperature and P were strong predictors of O2 while DOC was a poor predictor. A temperature increase from 15 to 25°C yielded an increase in respiration rates by a factor of 2.6 (±0.2) with no significant difference between P levels. This Q10 value is in accordance with reported Q10 values for physiological processes (Pomeroy and Wiebe, 2001). While respiration rates did not increase further at temperatures >25°C in P-limited samples, they decreased in P-spiked samples. Between 25 and 30°C the Q10 thus differed significantly between P spiked (0.44 ± 0.09) and P limited (0.94 ± 0.05) samples. This difference in Q10 may reflect a difference in bacterial taxonomic composition between treatments of different P levels with a faster growing and less robust community in P spiked than in P limited samples. Although there is a trend of increasing water temperatures (O’Reilly et al., 2015), an increase in temperature >25°C is unlikely to occur within the nearest future. Around 15–25°C may therefore be the most relevant temperature range for natural systems.

The observed temperature response together with the temperature sensitivity of secondary production being higher than that of primary production (Brown et al., 2004; Apple et al., 2006), further reinforce the idea that net heterotrophy in lakes will increase with increasing temperatures, which also would lead to increased emissions of CO2 (Sobek et al., 2003). While we found no temperature effect on neither lake CO2 production, nor CO2 flux in the lake survey, likely reflecting that temperature measurements were snapshots, we further speculate that the narrow temperature gradient sampled in our study is overridden by a dynamic natural environment with several potentially confounding and fluctuating factors. Moreover, the role of primary production as a regulator of CO2 is minor in these lakes. Given the positive temperature effect on microbial metabolism (Farrell and Rose, 1967), the ongoing rise in temperature, along with current browning (O’Reilly et al., 2015; Solomon et al., 2015), means that an increased CO2 output from boreal lakes and rivers can be expected. The availability of P will serve as an additional regulator of carbon emissions, with increased respiration rates and DOC turnover rates in DOC-rich lakes where the role of primary production is small, and vice versa in cases where P is declining (Thrane et al., 2014).

Bacterioplankton respiration is a key process for converting organic carbon to CO2 in aquatic ecosystems (Williams and Del Giorgio, 2005). This mineralization of DOC driven by microbial respiration is accompanied by O2 consumption, often with an assumed RQ of 1, yet this quotient depends on substrate properties and metabolic states (Dilly, 2003; Berggren et al., 2012; Allesson et al., 2016). Similar to the CO2 production rates in experimental set-up 1 and the higher O2 consumption rates in P-spiked samples in experimental set-up 2 could represent a situation with higher BGE than in P-limited samples. As anabolic processes often are accompanied with elevated RQ’s, we can expect some differences in RQ between samples of different P levels and possibly some underestimation of respiration rates in P-spiked samples by the use of an RQ value of 1. However, such differences in RQ values between P levels would make the differences in respiration rates between treatments more pronounced and the conclusions thus are still valid. High rates of heterotrophic respiration together with low rates of primary production promote oxygen depletion with major consequences for aquatic life as well as redox processes and biogeochemical cycling of C, N, P, and other elements. While increased respiration rates following increased DOC concentrations may favor primary production due to increased access to CO2 as well as nutrients associated with DOC, increased browning and thereby increased light attenuation would most probably result in a net decline in primary production and thus increased net heterotrophy (Thrane et al., 2014; Seekell et al., 2015), with a tentative turning point around 5 mg C L−1.

In conclusion, the DOC concentration regulates the overall respiratory output of CO2 (and consumption of O2), while additions of P changes the dynamics by boosting respiration, as did elevated temperatures. The overall respiratory outcome depends on substrate stoichiometry and the potentially different cell-specific responses versus community responses; i.e., larger biomass will generate a larger total CO2 output despite lower cell-specific respiration. The dynamic responses revealed in the small-scale batch experiments do not necessarily capture inter-lake responses to changing DOC:TP ratios, partly because “fresh” DOC becomes available for microbial respiration due to inflow and mixing in situ, and partly because phytoplankton responses will impact the net CO2 balance. Also the full nature of biotic uptake and recycling can clearly not be captured, but the combination of a gradient lake surveys together with the laboratory experiments revealed DOC as the major determinant of CO2 production in boreal lakes, with P as a significant modulator.
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In the original article, there was a mistake in Figure 2 as published. The wrong figure was published. The figure caption remain unvaried. The corrected Figure 2 appears below.
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FIGURE 2. Result plot of the generalized additive models (gams) predicting total carbon dioxide (CO2) production (Ftot; mg C m−2 d−1). The effect of DOC (mg L−1) was strong and clearly unimodal with a minimum around 5 mg L−1. Total phosphorus (TP; μg L−1) and total nitrogen (TN; mg L−1) had strong linear effects. The effects of total inorganic carbon (TIC; mg L−1) and temperature (°C) were weak, while SUVA400 (L mg-C−1 m−1) had no effect on total CO2 production.
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Bacteria play a key role in the planetary carbon cycle partly because they rapidly assimilate labile dissolved organic matter (DOM) in the ocean. However, knowledge of the molecular mechanisms at work when bacterioplankton metabolize distinct components of the DOM pool is still limited. We, therefore, conducted seawater culture enrichment experiments with ecologically relevant DOM, combining both polymer and monomer model compounds for distinct compound classes. This included carbohydrates (polysaccharides vs. monosaccharides), proteins (polypeptides vs. amino acids), and nucleic acids (DNA vs. nucleotides). We noted pronounced changes in bacterial growth, activity, and transcription related to DOM characteristics. Transcriptional responses differed between compound classes, with distinct gene sets (“core genes”) distinguishing carbohydrates, proteins, and nucleic acids. Moreover, we found a strong divergence in functional transcription at the level of particular monomers and polymers (i.e., the condensation state), primarily in the carbohydrates and protein compound classes. These specific responses included a variety of cellular and metabolic processes that were mediated by distinct bacterial taxa, suggesting pronounced functional partitioning of organic matter. Collectively, our findings show that two important facets of DOM, compound class and condensation state, shape bacterial gene expression, and ultimately select for distinct bacterial (functional) groups. This emphasizes the interdependency of marine bacteria and labile carbon compounds for regulating the transformation of DOM in surface waters.
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INTRODUCTION

The pool of dissolved organic carbon (DOC) in the ocean represents the largest reservoir of reduced organic carbon in the biosphere (Hansell et al., 2009). This organic carbon is constituted by a myriad of molecules in a continuum of sizes (identified as the range from low- to high-molecular-weight), differing in chemical bonds, element ratios, and condensation states (e.g., being monomers or polymers) (Hansell et al., 2009). These characteristics ultimately determine the timescale of the transformation of DOC components, which can vary over orders of magnitude (i.e., minutes to millennia) (Hansell and Carlson, 2015). Marine bacteria play a key role in regulating Earth’s planetary carbon cycle since they are the key organisms to assimilate and metabolize dissolved organic carbon (DOC) (Azam et al., 1983). The timescales of bacterial transformations are often estimated through combinations of experimental approaches, like short-term incubations measuring bacterial uptake rates of radiolabeled compounds and long-term seawater culture bioassays where the rate and quantity of DOC consumed by bacteria are determined (Allers et al., 2007; Pedler et al., 2014; Lindh et al., 2015b; Osterholz et al., 2015). Collectively, this has resulted in a recognition that, from a perspective of bacterial transformation capacity, parts of the DOC pool in surface waters is in the form of labile DOC–turned over by bacteria within days–whereas parts of the DOC pool is characterized by slower turnover–ranging from weeks or months to decades–often denoted as refractory DOC (Hansell, 2013). The inventory of labile DOC in surface waters is minuscule (<0.2 Gt C) compared to the vast pool of refractory DOC (∼630 Gt C) (Hansell, 2013). Nevertheless, estimates suggest that the transformation of organic carbon to carbon dioxide (CO2) is approximately 10 times larger for the labile fraction (∼25 Gt C year–1) than for refractory DOC (Hansell, 2013). Consequently, even seemingly small changes in the functional part of the oceanic microbiota are likely to induce significant shifts in the biogeochemical cycling of carbon (Falkowski et al., 1998).

Determining the genetic mechanisms involved in regulating bacterial DOC transformations, and knowledge on how their functional diversity varies in space and time in the ocean remains challenging. Nevertheless, advances in sequencing technology and bioinformatics analysis have initiated an era in which scientists are able to obtain an unprecedented amount of information on the functional processes encoded in the genomes of bacteria (Moran et al., 2016). Accordingly, both field studies and experiments are currently expanding our knowledge on the diversity of bacteria and their functional genes involved in the cycling of carbon (Mou et al., 2008; McCarren et al., 2010; Bergauer et al., 2018; Vorobev et al., 2018; Salazar et al., 2019). Importantly, a majority of these studies indicate a partitioning of DOC resources among a broad range of bacterial key taxa. Genomically encoded traits that distinguish the responses of different bacteria to distinct DOM components include uptake mechanisms (membrane transporters), the acquisition of phosphate and nitrogen, carbohydrates, lipid metabolism, and motility and chemotaxis (McCarren et al., 2010; Poretsky et al., 2010; Beier et al., 2015). Taken together, these studies show the large potential of analyzing the metabolic potential and functional gene expression of bacteria to gain an understanding of the factors that regulate DOC transformations in the ocean.

Even though the precise chemical composition of the marine DOC pool remains a challenging enigma, analyses in microbial oceanography have established that carbon cycling in surface waters is largely dominated by bacterial transformations of labile DOC (Hansell et al., 2009; Moran et al., 2016). This conclusion partly relies on studies of bacterial utilization rates of low molecular weight (LMW) oligomers and organic acids as well as monomeric DOC compounds (e.g., glucose, amino acids, acetate, DMSP, vanillate) that are the building blocks of key biopolymers (Kirchman, 2003; Mou et al., 2008; Alonso-Sáez et al., 2012; Gomez-Consarnau et al., 2012) – to a degree that such compounds have been termed “canonical bacterial substrates” (Poretsky et al., 2010). Further knowledge of bacterial transformations of labile DOC comes from studies on the utilization of polymeric macromolecules like proteins and polysaccharides (McCarren et al., 2010; Beier et al., 2015), but only a few used a combination of both (Bryson et al., 2017). The advantage of the latter is that it allows comparisons between compound classes and between compounds of different condensation states within and between compound classes.

We therefore carried out seawater culture regrowth experiments coupled with metatranscriptomics to identify responses in bacterioplankton activity and functional gene expression toward ecologically relevant DOC monomers and their corresponding polymers–compounds making up major parts of the labile “high-flux” portion of coastal DOM (Biersmith and Benner, 1998; Geider and La Roche, 2002; Kirchman, 2003). The analysis of bacterial responses to these chemically defined DOC compounds with different condensation states enabled us to distinguish: (i) genes that were shared between monomers and polymers of the same compound class (i.e., compound class “core” gene responses), and (ii) genes that were unique to individual monomer or polymer compounds (compound “specific” responses). We infer that such analyses of model DOC compounds have the potential to uncover the molecular mechanisms at work when natural microbial communities meditate the “invisible” flux of carbon associated with labile DOM transformations (Hansell and Carlson, 2015; Moran et al., 2016).



MATERIALS AND METHODS


Study Site, Sampling, and Experimental Setup

Seawater was collected at the Linnaeus Microbial Observatory (LMO) (56°55.840 N, 17°03.640 E), in the Baltic Sea ∼10 km off the northeast coast of Öland, Sweden (Supplementary Figure S1). The water to be used as medium for the seawater culture regrowth experiments was collected with a peristaltic pump (Watson Marlow, Type 620S) from 2 m depth on February 16th, 2016 (experiment 1; water temperature ∼3°C, salinity 7.7 PSU, Chl a concentration 0.7 μg L–1, phosphate 0.94 μM, nitrate + nitrite 1.1 μM, DOC ∼325 μM) and on March 15th, 2016 (experiment 2; water temperature ∼3.6°C, salinity 7.4 PSU, Chl a concentration 3.5 μg L–1, phosphate 0.5 μM, nitrate + nitrite ∼1 μM, ammonium ∼0.8 μM, DOC ∼289 μM). These nutrient values are typical for the Baltic Sea in late winter and early spring (Zweifel et al., 1995; Bunse et al., 2019). Note in particular that these DOC concentrations in the brackish Baltic Sea (with high input of river discharge) are generally higher compared to marine coastal waters (with concentrations down to ∼100 μM C) (Hansell et al., 2009; Barrón and Duarte, 2015). The water was collected in a 64 L HDPE drum (Curtec International, Netherlands) and 10 L polycarbonate carboys (Nalgene, Thermo Fisher Scientific) until further processing in the laboratory at the Linnaeus University (LNU), Kalmar, Sweden. The medium collected on March 15th was stored in a temperature-controlled room at ∼8.5°C in the dark until the start of experiment 2 on March 31st.

Seawater samples for bacterial inocula for the seawater cultures were retrieved from 2 m depth using a 5 L Ruttner sampling device on February 16th and March 31st, 2016 for experiment 1 and experiment 2 at ∼9:30 a.m., respectively. We performed each of the experiments on the same day that we collected bacterial inocula. Experiment 1 started on February 16th with seawater medium collected on the same date, whereas experiment 2 was started on March 31st with seawater medium collected in the field from March 15th—this was due to logistical reasons with obtaining larger amounts of water from the LMO station. Vertical profiles (i.e., salinity, temperature, and fluorescence) of the water column, down to ∼40 m depth, were taken during all in situ samplings with a CTD probe (AAQ 1186-H, Alec Electronics, Japan). Seawater culture enrichment experiments were conducted in acid rinsed (1 M HCl) 10 L polycarbonate carboys (Nalgene) and incubated in a temperature-controlled room at 8.5°C. In brief, medium was prepared by filtration of in situ seawater through sterivex filter units (GP 0.22 μm, EMD Millipore). For the medium, 8.45 L of “bacteria-free” water was spiked with 0.45 L of 0.6 μm (Whatmann, polycarbonate filters, 47 mm diameter) filtered seawater (experiment 1: 5.3 × 105 cells mL–1 and experiment 2: ∼1 × 106 cells mL–1) (Supplementary Table S1), to obtain an initial cell abundance of ∼5 × 104 cells mL–1 in the seawater culture regrowth experiments (Figures 1A,B). In order to ensure that bacterial growth was not limited by inorganic nutrients (N or P), biological triplicates were spiked with 5 μM ammonium chloride (NH4Cl) and 0.5 μM sodium phosphate (NaH2PO4) in a ratio of 10:1, N and P, respectively according to (Zweifel et al., 1993).


[image: image]

FIGURE 1. Microbial community growth dynamics during incubations determined by flow cytometry (A) experiment 1 and (B) experiment 2. Cell counts are shown as averages of biological triplicates ± standard deviation (SD) × 106 obtained in experiment 1 (A) and 2 (B). Arrows indicate the time points when samples for metatranscriptomics were taken. Samples for metatranscriptomic analysis were retrieved after 108 h (monoPR, amino acids; and polyPR, polypeptides), 132 h (Cbx, carboxylic acids; and contTwo, control from experiment 2), 154 h (monoCH, monosaccharides; polyCH, polysaccharides; and contOne, control from experiment 1), and 202 h (monoNUC, nucleotides; and polyNUC, DNA).


In experiment 1, seawater culture enrichments with organic compounds were composed of a monosaccharide, polysaccharide, nucleotide, and a DNA treatment. The monosaccharide (monoCH) treatment was a mixture of D-(+)-Glucose (G5767), D-(+)-Galactose (G5388), D-(+)-Mannose (M6020), L-Rhamnose (W373011), D-(+)-Xylose (W360600) and D-(-)-Arabinose (A3131), while the polysaccharide (polyCH) treatment was composed of Glycogen Type II from Oyster (G8751) and Starch (33615) (Table 1). The nucleotide treatment (monoNUC) consisted of a nucleotide triphosphate (dNTP) mix (D7295) and the DNA treatment (polyNUC) consisted of DNA from fish sperm (74782) (Table 1). In experiment 2, we tested a polypeptide treatment (polyPR) that received Bovine Serum Albumin (BSA; A2153), a treatment with a mixture of amino acids (monoPR) consisting of 20 amino acids (09416-1E) that were added in the same ratios as present in BSA, and a treatment with a mixture of carboxylic acids (Cbx) consisting of Formate (71539), Acetate (S2889), Propionate (P5436), Pyruvate (P5280), Glyoxylic acid (G10601), and Glycolic acid (124737) (Table 1). All organic compounds used in this study were purchased from Sigma-Aldrich. Microcosms (acid-rinsed 10 L polycarbonate carboys) were spiked with the respective compounds in non-limiting concentrations (final concentration added per replicate was ∼10 μM C). Actual measurements of DOC concentrations in the bottles confirmed this level of enrichment, with DOC concentrations around ∼320 μM C for most treatments as compared to ∼310 μM C in controls, but with no increase in the carboxylic acids treatment (303 μM C) (Supplementary Table S2). This level of DOC enrichment corresponds to reported values on the labile portion of DOC present in the Baltic Sea and other coastal waters (Zweifel et al., 1993; Sondergaard and Middelboe, 1995). The controls for both experiment 1 and experiment 2 consisted of 0.22 μm filtered water (“bacteria-free”) and received the same concentrations and ratio of inorganic nutrients (ammonium chloride and sodium phosphate) as the treatments. All treatments and controls were tested in biological triplicates (n = 3).


TABLE 1. Overview of the investigated organic matter compounds.
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Microbial Cell Abundance

Cell counts for bacterial inocula were performed immediately after water was collected and filtered (February 16th for experiment 1 and March 31st for experiment 2) (Supplementary Table S1). Subsequently, enrichment experiments were conducted, and we started experiment 1 on February 16th and it lasted for 346 h (∼15 days). Experiment 2 was started on March 31st and it lasted for 252 h (∼11 days). Samples (biological triplicates) for bacterial cell counts were preserved daily and analyzed by flow cytometry (CyFlow Cube 8, Sysmex Partec). Briefly, 1.8 mL of sample was fixed with 1% paraformaldehyde and 0.05% glutaraldehyde (final), stained with SYBR Green I nucleic acid stain (Invitrogen) (5 μM final concentration), and spiked with 2 μL Flow Check High Intensity Green Alignment beads (Polysciences Inc.) with a diameter of 1 μm as an internal standard. Subsequently samples were incubated for 15 min in the dark at room temperature (RT) prior to counting. Bacterial cell counts were plotted in cytograms, green fluorescence (FL1) vs. side scatter (SSC) and particle counts converted to cells mL–1 as described in delGiorgio et al. (1996) and discussed in Gasol and Del Giorgio (2000).



Nutrient Analysis

In situ nutrient concentrations (i.e., NO3 + NO2, NH4, PO4) (water used for seawater medium) were determined using colorimetric methods (UV-1600 Spectrometer, VWR) as described in Valderrama (1995). Chlorophyll a (Chl a) concentrations in the field were determined fluorometrically upon ethanol extraction according to Jespersen and Christoffersen (1987) as described in Bunse et al. (2019). Samples to determine dissolved organic carbon (DOC) concentrations were taken at the LMO station during the time of sampling for medium. Additionally, samples were taken from each microcosm replicate immediately after the addition of organic compounds (T0). DOC concentrations were determined as follows, 30 mL of sample was filtered through 0.2 μm syringe filters (Acrodisk syringe filters, 32 mm, 514–4131, VWR), filled in MQ washed 60 mL EasY flasks (NuncTM Cell Culture Treated EasYFlasksTM 25 cm2, 156340, Thermo Fisher Scientific) and acidified with 448 μL of 1.2 M hydrochloric acid to a pH of ∼2. Flasks were stored in darkness at 4°C until analysis with a high-temperature carbon analyzer (Shimadzu TOC-5000) at the Umeå Marine Science Centre, Umeå, Sweden. Finally, DOC concentrations (one replicate per replicate enrichment culture bottle) were calculated as non-purgeable organic carbon and mean values per treatment calculated (n = 3).



Total Extracellular Enzymatic Activity

The total microbial extracellular enzymatic activity (EEA) during the enrichment regrowth experiments was determined in regular intervals (in experiment 1 after 34, 106, 178, 250, and 322 h and in experiment 2 after 36, 108, 180, 252, and 300 h). The hydrolysis rates of fluorogenic substrate analogs 4-methylumbelliferyl (MUF) and 4-methylcoumarinyl-7-amide (MCA) were used to estimate the hydrolysis rate of (MUF)-β-D-glucosidase (BGase), (MUF)-α-D-glucosidase (AGase), (MUF)-alkaline phosphatase (APase) and (MCA)-L-leucine aminopeptidase (LAPase) according to Hoppe (1983) as described in Baltar et al. (2016) and references therein. In brief, all EEA assays were conducted in 96-well plates and measured at 365 nm excitation (EX) and 445 nm emission (EM) wavelength with a microwell plate reader (FLUOStar, BMG Labtech). Substrate analogs were measured in three technical replicates per culture bottle in experiment 1 and in five technical replicates per culture bottle in experiment 2 (300 μL final volume per well) within 30 min after subsamples were taken (T0), incubated at ∼8.5°C temperature in the dark for ∼2 h, and measured again (Tf). Subsamples for blanks were filtered through 0.2 μm low protein binding filters (Acrodisc, Pall) and fluorescence values blank corrected. The hydrolysis rates of total extracellular enzymatic activities were calculated by using standard curves that were obtained by using various concentrations of the fluorogenic substrates MUF and MCA. The substrates were diluted with blank water and run separately on each 96-well plate. The hydrolysis rates were calculated based on the fluorescence increase over the incubation time (Tf—T0). Finally, hydrolysis rates were averaged over the technical replicates and mean values per treatment (n = 3) calculated. The final substrate concentrations (previously determined as saturating concentrations (Baltar et al., 2016) used were 32.25 μM for MUF-AGase and MUF-BGase, 100 μM for MUF-APase and 500 μM for MCA-LAPase.



Bacterial Production

Subsamples for bacterial production in experiment 1 were taken after 34, 106, 178, 250, and 322 h and in experiment 2 after 36, 108, 180, 252, and 300 h. Bacterial production was estimated through tritiated leucine incorporation according to (Smith and Farooq, 1992). A 1:10 hot:total leucine solution was prepared (final concentration 1 μM leucine) and triplicate samples (1.2 mL) were amended with 48 μL of the radioactive leucine solution (final concentration of 40 nM leucine) (specific radioactivity ∼153 Ci mmol–1, Perkin Elmer) in 2 mL microtubes (Sarstedt). Samples were incubated at in situ temperature in the dark for 2 h, and subsequently leucine incorporation terminated by spiking the samples with 50% trichloric acid (TCA) to a final concentration of 5%. In addition, one blank (killed control) per sample was prepared and after leucine addition designated samples immediately killed with 50% TCA (final concentration 5%). All samples were stored at −20°C until further processing. Samples were thawed at room temperature (RT) and centrifuged for 10 min at 12,000 g, supernatants were aspirated and the cell pellets washed two times in 5% TCA. Subsequently, the cell pellets were resuspended in 1 mL liquid scintillation cocktail (FilterCount, Perkin Elmer) and incubated for ∼24 h at RT in the dark. The radioactivity incorporated into cells was determined in a liquid scintillation counter (Tri-Carb 2100TR, Packard). The average disintegration per minute (DPM) of technical triplicates were blank corrected. Finally, the bacterial production was calculated with a cellular carbon to protein conversion factor of 0.86 kgC mol leu–1, an assumed proportion of leucine in total protein of 0.073%, and an isotopic dilution factor of 2 according to (Simon and Azam, 1989). The mean of technical triplicates was averaged for each treatment (n = 3).



RNA Collection and Extraction

Water for subsequent metatranscriptomic analysis was retrieved after 154 h (hours) during experiment 1 from microcosms with monosaccharides (monoCH; n = 3), polysaccharides (polyCH; n = 3) and from the control from experiment 1 (contOne; n = 2). Nucleotide (monoNUC; n = 3) and DNA (polyNUC; n = 3) were filtered after 202 h of incubation (Figures 1A, 2). The bacterial development in experiment 2 was slightly faster, samples were taken after 108 h from amino acids (monoPR; n = 3) and polypeptides (polyPR; n = 2) and after 132 h from carboxylic acids (Cbx; n = 2) and from the second control (contTwo; n = 2) (Figures 1B, 2). Approximately 3.5 L of water was filtered through Sterivex filter units (GP 0.22 μm, EMD Millipore), preserved in 2 mL RNAlater (Qiagen), immediately flash frozen in liquid nitrogen and stored at -80°C until further processing. Total RNA was extracted according to (Poretsky et al., 2009) with the RNeasy Mini Kit (Qiagen) and minor adaptations. In brief, Sterivex filter units were thawed on ice at room temperature for 30 min. Subsequently, RNAlater was removed by using a sterile 20 mL syringe and applying gentle pressure until all RNAlater was removed from the sterivex filter cartridges. The inner part of the sterivex filter that holds the filter membrane was cut loose using a sterile razor cutter. Filters were gently transferred into 15 mL Falcon tubes containing a solution of 4 mL RLT lysis buffer +β-Mercaptoethanol (10 μL/mL RLT buffer) and 1.5 g of 200 μm zirconium beads (OPS diagnostics). Cells were disrupted by vortexing the tubes for 15 min at room temperature (Genie II, Scientific Industries), followed by centrifugation for 5 min at 3,260 g, supernatants were transferred to tubes containing 1 volume of 70% ethanol, and each sample was thoroughly mixed by pipetting several times. RNA extraction and purification were performed with RNeasy Mini Kits according to manufacturer’s instructions and each sample was divided into two spin columns. Total RNA was eluted two times with 35 μL of preheated (50°C) RNase-free water. Each sample was DNase treated using TURBO DNA-free Kit to remove residual DNA (Thermo Fisher Scientific) according to the manufacturer’s protocol. Samples were tested for remaining DNA by a 30-cycle PCR with 16S rDNA primers (27F and 1492R) and a 1% agarose gel with bleach (final con. 0.12%) according to (Aranda et al., 2012) and the gel stained with ethidium-bromide. RNA yield was measured using NanoDrop 2000 (Thermo Fisher Scientific), and fluorometric quantification of RNA concentration was assessed with Quibit 2.0 (Invitrogen). Prior to RNA amplification, the best technical replicate from each sample was selected for further processing based on NanoDrop and Qubit values. Ribosomal RNA was depleted using RiboMinus Transcriptome Isolation Kit and RiboMinus Concentration Module (Thermo Fisher Scientific) according to the manufacturer’s protocols. Shortly, ribosomal RNA molecules were removed by binding to streptavidin-coated magnetic beads and only the rRNA-depleted fraction was further concentrated and purified using silica-based spin columns. RNA was linearly amplified using the MessageAmp II-Bacteria RNA Amplification Kit (Thermo Fisher Scientific) according to manufacturer’s instructions and finally converted into cDNA and quantified using NanoDrop and Qubit, and stored at −80°C until TruSeq library construction and sequencing at the National Genome Infrastructure, SciLifeLab Stockholm on an Illumina HiSeq 2500 platform in rapid mode and with v3 chemistry to obtain 2 × 125 bp long paired-end reads.
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FIGURE 2. Non-metric multidimensional scaling (NMDS) ordination of functional genes based on pairwise Bray-Curtis distances of normalized counts per million (cpm). Convex hulls group biological replicates within treatments. Experiment 1, E1 (conducted on February 16th, 2016); experiment 2, E2 (performed on March 15th, 2016); monoCH, monosaccharide mix; monoNUC, nucleotide mix; monoPR, amino acid mix; Cbx, carboxylic acid mix, polyCH, polysaccharide mix; polyNUC, DNA; polyPR, polypeptides; contOne and contTwo, controls from experiment 1 and 2, respectively.




Metatranscriptome Data Pre-processing and Annotation

The paired-end reads (2 × 125 bp) were quality checked with FastQC and MultiQC. Illumina adapter sequences were removed with Cutadapt (Martin, 2011) version 1.13 with a maximum error rate threshold of 0.1 (10%). Thereafter, reads were trimmed with Sickle (Joshi and Fass, 2011) version 1.33 in paired-end mode and with sanger quality values. Afterward, ribosomal RNA was bioinformatically filtered with ERNE (Del Fabbro et al., 2013) version 2.1.1 against an in-house database of stable RNA sequences from marine microbes. Subsequently, forward and reverse reads were merged with PEAR (Zhang et al., 2014) version 0.9.10 with a minimum assembly length of 50 nt, p-value 0.01, and a minimum overlap of 10 nt. Merged reads were subsequently aligned with DIAMOND (Buchfink et al., 2015) version 0.8.26 against the NCBI RefSeq protein database with a default e-value cutoff of 0.001. Subsequently, functional SEED classification and taxonomic affiliation were assigned with MEGAN (Huson et al., 2016) version 6.7.3. Summary statistics can be found in Supplementary Table S3. Finally, differential gene expression (DGE) analysis was conducted using the package edgeR (Robinson et al., 2010) according to (Chen et al., 2016).



Multivariate Analysis (NMDS and PERMANOVA)

Relative raw gene counts were normalized to library sizes and denoted in counts per million (cpm). Pairwise Bray-Curtis distances were calculated between samples and NMDS ordination computed with the metaMDS function in vegan (Oksanen et al., 2019). The influence of compound class and condensation state on the bacterial community gene expression was tested using a permutational multivariate analysis of variance (PERMANOVA) with the function adonis from the vegan package. Also, we tested for multivariate homogeneity of group dispersions (a multivariate analog of Levene’s test for homogeneity of variances) with the functions betadisper, permutest, and TukeyHSD from the vegan package. These tests allow teasing apart whether groups differ because of differences in their centroids or dispersion. Given that these homogeneity tests were non-significant for compound class (p > 0.17) and condensation state (p > 0.92) based on 999 permutations, the distinction between the groups as tested by PERMANOVA can safely be attributed to differences in centroids.



Differential Gene Expression Analysis (EdgeR)

Differential gene expression analysis was performed according to Chen et al. (2016) with the R package edgeR. In brief, genes with five or more cpm counts in at least two samples were normalized for compositional bias by trimmed mean of M-values (TMM). Libraries were corrected for differences in library size (norm.lib.sizes = TRUE). Thereafter, a design matrix was created to specify pairwise statistical comparisons between each of the treatments and controls. A global dispersion averaged over all genes was estimated with the function estimateDisp and we accounted for possible outlier genes with exceptionally large or small individual dispersions (robust = TRUE). Moreover, to account for gene-specific variability from both biological and technical sources, the negative binomial (NB) model was extended with quasi-likelihood (QL) methods by using generalized linear models and empirical Bayes quasi-likelihood F-tests with the functions glmQLFit and glmQLFTest, respectively, as described in Chen et al. (2016). Finally, genes were considered to be significantly differentially expressed if their log2-fold change was positive in treatments and their associated false discovery rate (FDR) (p-values corrected for multiple testing according to Benjamini Hochberg) below 5%.



Definitions and Thresholds

For practical reasons we shortened the following SEED category names Cofactors, Vitamins, Prosthetic Groups, Pigments; Virulence, Disease and Defense; Fatty Acids, Lipids, and Isoprenoids; Amino Acids and Derivatives. Instead, we refer to them as Vitamins; Virulence, Fatty Acids and Lipids, and Amino Acids in the text. We also decided to include the SEED category Thiamin in Vitamins and Polyamines in Amino Acids. In addition to the original SEED classification hierarchy, we added entries which matched “transport” and “permease” at the lowest seed level “gene” name to the category Membrane Transport to account for biases originating from the single assignment of for example carbohydrate-specific transporters which were only present in the Carbohydrate category.



Selection of Genes Assigned to Core and Non-core Metatranscriptomes

For this analysis, we first verified the consistency of the control replicates by using an outlier test with the function voomWithQualityWeights from the limma R package. This test showed that controls in experiment 1 were appropriate (threshold > 1) but identified the control replicate E2_C1 in experiment 2 as an outlier (threshold = 0.29). Next, for experiment 2, given that gene expression in the carboxylic acids (Cbx) treatment appeared to be similar to the controls (as seen in the NMDS Figure 2), we statistically tested the similarity of these groups using a differential gene expression analysis (DGE in edgeR) between carboxylic acids (Cbx; n = 2) relative to controls (from experiment 2; n = 2). This test showed no significant difference in expressed genes between Cbx and the controls at a 5% false discovery rate (FDR) threshold (data not shown). This was in line with the results on the similarity between Cbx and controls in experiment 2 in bacterial growth and DOC concentrations (see Figure 1 and Supplementary Table S2). We, therefore, combined the carboxylic acids treatment with the non-outlier control from experiment 2 to increase the statistical power of our analysis of the protein treatments (i.e., monoPR, n = 3 and polyPR, n = 2 vs. the composite control, n = 3 consisting of the two Cbx samples and one control replicate).

Differential gene enrichment analysis was performed with edgeR and statistical pairwise comparisons made between each treatment and the controls: monoCH (n = 3) vs. contOne (n = 2); polyCH (n = 3) vs. contOne (n = 2); monoNUC (n = 3) vs. contOne (n = 2); polyNUC (n = 3) vs. contOne (n = 2); monoPR (n = 3) vs. composite control (n = 3), and polyPR (n = 2) vs. composite control (n = 3). To identify core and non-core transcriptomes, (i) we considered genes that had a positive log2-fold-change in these pairwise statistical tests (see above), as responsive to organic matter enrichments. (ii) Thereafter, we compared these sets of responsive genes between condensation states (i.e., monomers vs. polymers for each compound class separately) to define core sets of genes (i.e., the compound class responses) consisting of genes that were present in both monomer and polymer treatments with a false discovery rate (FDR) below 5% (overlaps in Figures 4A–C). (iii) Genes that had an FDR below 5% in either monomers or polymers (but not in both) were assigned to the non-core (i.e., monomer- or polymer-specific non-core responses) (Figures 4A–C). (iv) Also, we compared the three different core sets of genes between compound classes (overlaps of Figures 4A–C shown in Figure 4D) and similarly the respective monomer- and polymer-specific non-cores separately (Figures 4E,F).
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FIGURE 4. Venn diagrams showing the number of genes that were significantly overrepresented at a 5% false discovery rate (FDR) threshold relative to controls. Comparisons were made for each treatment within a compound class against the controls. Genes were selected according to the significance and the same change in direction (positive log2-fold-change). (A) Monosaccharide additions compared with polysaccharides, (B) nucleic acids vs. DNA; (C) amino acids vs. polypeptides, (D) shows the comparison of the three different compound class core sets of genes (carbohydrates, nucleic acids, protein), (E) shows the comparison of all monomer non-core genes, and (F) the polymer non-core comparisons across all compound classes with a positive change in direction.




Functional Signature Analysis

To obtain a broad overview of important functions that are involved in the processing (i.e., degradation and modification) and uptake of the added canonical carbon compounds – here referred to as “functional signatures” – we grouped significantly differentially abundant genes (<5% FDR) according to their enzyme classes (EC numbers) present in the carbohydrate-active enzyme (CAZyme) database (last updated on June 26th, 2020) into CAZyme classes (glycoside hydrolases, glycosyltransferases, carbohydrate esterases, polysaccharide lyases, auxiliary activities, and carbohydrate-binding modules), peptidases (EC 3.4), transferases (2.1–2.10) and transporter associated genes based on their transporter classification numbers (TC) when available, in addition to matching seed names containing the search string “transporter” or “permease,” regardless of the assigned SEED hierarchy.



Statistics and Graphics

All statistical and graphical analyses were performed using RStudio Version 1.2.5019 (RStudio Team, 2019) and analyses primarily relied on the packages vegan, edgeR, ggplot2, and other packages included in the tidyverse (Wickham, 2017).



RESULTS


Bacterial Growth Dynamics

We studied bacterial responses to enrichments with ecologically relevant carbon compounds, belonging to different compound classes and represented by monomer and polymer forms (see list of compounds in Table 1). The studied compounds were selected to represent DOM components that are generally recognized to be important substrates to marine bacteria (Kirchman, 2003; Moran et al., 2016; Muhlenbruch et al., 2018). Moreover, we have previously shown that bacteria in our study site in the Baltic Sea actively take up several of the monomers (i.e., glucose, mixed amino acids, leucine, pyruvate, and acetate) that we used here (Bunse et al., 2019).

The current results showed that the compounds studied here consistently stimulated bacterial growth compared to controls. Growth in the carbohydrates treatments was similar with cell yields reaching ∼2.5 ± 0.3 × 106 cells mL–1 (mean ± SD) (Figure 1A). Growth in the two nucleic acids (NUC) treatments was slower compared to carbohydrates, with yields up to 2.0 ± 0.5 × 106 cells mL–1 (Figure 1A). The highest cell yield was obtained in the polypeptide treatment at ∼4.5 ± 0.2 × 106 cells mL–1, nearly double the cell abundance in the amino acid treatment (Figure 1B). Growth yields with carboxylic acids were only marginally higher (∼1.5 × 106 cells mL–1) than in the controls (Figure 1B).



Extracellular Enzymatic Activities

α-glucosidase (AGase) and β-glucosidase (BGase) activities in the polysaccharide (polyCH) treatment were 8- and 2-fold higher, respectively, compared to the monosaccharide (monoCH) treatment (AGase in polyCH peaked at 80 ± 39.7 nM h–1 and BGase 18.4 ± 5.3 nM h–1, mean ± SD), and were substantially lower in the other treatments (below 7 nM h–1) (Supplementary Figures S2A,B). Leucine aminopeptidase (LAPase) activity was highest in amendments with polypeptides (polyPR) (∼4,000 ± 147 nM h–1) and ∼7-fold lower in amino acids, and below 500 nM h–1 in the other treatments (Supplementary Figure S2C). Moreover, in carbohydrates and nucleic acids treatments, alkaline phosphatase (APase) hydrolysis was below 200 nM h–1, but relatively constant in protein and carboxylic acids amendments (Supplementary Figure S2D).

The AGase activity normalized per cell was highest in polysaccharides (∼42 fM cell–1 h–1), ∼10-fold lower in monosaccharides, and never exceeded 24 fM cell–1 h–1 in the other treatments (Supplementary Figure S2E). The per-cell BGase hydrolysis was highest in monosaccharide (∼43 fM cell–1 h–1) without a clear pattern associated with a certain compound class or condensation state (Supplementary Figure S2F). Cell-specific LAPase activity was high in the polypeptide treatment (∼900 fM cell–1 h–1) and generally lower in amino acids although it increased ∼10-fold toward the end of the experiment (Supplementary Figure S2G). Interestingly, cell-specific APase hydrolysis was highest in amino acid treatments at the final time points reaching up to ∼1500 fM cell–1 h–1, but only ∼40 fM cell–1 h–1 in polypeptides. APase hydrolysis in the other treatments, including polypeptides, was highest at the start of incubations (∼800 fM cell–1 h–1) (Supplementary Figure S2H).



Bacterial Production

Amendments with labile organic carbon compounds stimulated bacterial production (BP) in all treatments (Supplementary Figures S3A,B). However, BP differed considerably in the protein treatments, peaking at ∼140 μgC L–1 d–1 in amino acid but ∼4-fold lower in polypeptide treatments (Supplementary Figure S3B). The bacterial production in the carbohydrate treatments reached a maximum at ∼85 μgC L–1 d–1 in the monosaccharides (Supplementary Figure S3A). Production in the nucleic acid treatments was even lower but still higher than in the controls (Supplementary Figure S3A).

The cell-specific bacterial production peaked at ∼100 fgC cell–1 d–1 in carbohydrates and in the amino acid treatments (Supplementary Figures S2C,D) followed by DNA (∼65 fgC cell–1 d–1). In experiment 1, bacterial production increased toward the end in the controls, reaching ∼66 fgC cell–1 d–1 (Supplementary Figure S3C).



Divergence in Functional Gene Expression Upon Substrate Additions

An NMDS analysis of bacterioplankton community transcription based on 3,389 genes showed that biological replicates mostly grouped together (Figure 2). The largest differences from controls, and also between monomers and polymers, were found for expression in the carbohydrate treatments. Considerable differences were also observed between monomers and polymers for the protein treatments. In contrast, nucleic acid amendments clustered away from the controls and monomers and polymers of this compound class overlapped in the NMDS (Figure 2). The carboxylic acid samples were grouped together with one replicate of the controls (Figure 2).

To statistically investigate the groupings observed in the NMDS analysis, we tested the influence of compound class (i.e., carbohydrates, nucleic acids, and proteins) and the effect of condensation state (i.e., monomers or polymers) using permutational multivariate analysis of variance (PERMANOVA) with the three major compound classes where both forms (monomers and polymers) were available. This analysis showed that compound class significantly explained major portions of the variation in gene expression (df = 2, R2 = 0.48, p = 0.0001) and an additional portion was significantly explained by the condensation state (df = 1, R2 = 0.11, p = 0.0001). However, there was a significant interaction between the terms “compound class” and “condensation state” (df = 2, R2 = 0.22, p = 0.0001), showing that the variation attributed to condensation state strongly depended on compound class. Thus, the low R2 value for condensation state was likely caused by the similarity in expression between the nucleic acids monomer and polymer treatments.



Taxon-Specific Gene Expression Responses Inferred From Functional Gene Read Abundance

Taxonomic analysis of reads grouped into top-level SEED categories showed distinct responses in bacterial gene expression between compound classes and condensation states (mono- and polymers) of the same compound class, with the exception of the nucleic acids treatments (Figures 3A,B). In the monosaccharide treatment, Oceanospirillales largely dominated the expression, whereas Alteromonadales dominated in the polysaccharide treatment together with some smaller portions of Chromatiales and Flavobacteriales (Figure 3A). Alteromonadales were highly dominant in the two nucleic acids treatments. In the amino acid treatment, Pseudomonadales dominated together with some minor portion of Flavobacteriales. Instead, the Flavobacteriales dominated expression in polypeptides with Pelagibacterales and other taxa (Figure 3A). Notable was that expression in the controls was more varied compared to the treatments, where controls from experiment 1 (contOne) had a larger contribution of Pseudomonadales and Oceanospirillales but also Cellvibrionales, and controls from experiment 2 (contTwo) of Pelagibacterales and Rhodobacterales and other taxa (Figures 3A,B).
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FIGURE 3. Functional gene expression of the 10 most abundant orders grouped into the 15 most abundant metabolic SEED categories. (A) Shows the mean normalized counts per million (×105) of biological replicates. (B) Depicting proportions of normalized read counts. monoCH, monosaccharide mix (n = 3); polyCH, polysaccharide mix (n = 3); monoNUC, nucleotide mix (n = 3); polyNUC, DNA (n = 3); contOne, untreated seawater from experiment 1 (n = 2); monoPR, amino acid mix (n = 3); polyPR, polypeptides (n = 2); and contTwo, composite control from experiment 2 (n = 4, see also section “Materials and Methods”).


Oceanospirillales expression was conspicuous in particular in the categories Carbohydrates (17.5% of total reads), Motility and Chemotaxis, and Protein Metabolism (∼13% each), whereas, in polysaccharides, a majority of genes was expressed by Alteromonadales in the Motility and Chemotaxis (∼12%), Virulence, and Carbohydrates (∼8% each) (Figure 3B) categories. In addition, Chromatiales were active in the Carbohydrates (∼4%), Amino Acids, and Protein Metabolism (∼2% each). The nucleic acid treatments with Alteromonadales dominance were highly similar to each other (both in relative gene expression in SEED categories and taxonomic gene expression profiles). The superiority of Alteromonadales not only in polysaccharides but also in the nucleic acid treatments was interesting, contributing in the Protein Metabolism (∼15%), the Amino Acids and Carbohydrates (∼10% each), but surprisingly, only minor in Motility and Chemotaxis (∼2%) (Figure 3B). Expression of Pseudomonadales affiliated genes in the amino acid treatment peaked in Protein Metabolism (13%), Carbohydrates and Amino Acids (∼12%), whereas Flavobacteriales in polypeptide treatments had higher expression in Protein Metabolism (∼16%), Vitamins, Amino Acids, Carbohydrates (∼10% each), with an interesting shift in Membrane Transport (∼2%) (Figure 3B).



Distribution of Gene Expression Responses Into Core and Non-core Sets of Genes

Next, we aimed at identifying potential gene expression patterns shared between the corresponding polymer and monomer treatments of carbohydrates, nucleic acids, and proteins, i.e., core gene expression responses within the studied compound classes. We thus made pairwise statistical comparisons of gene expression levels between the treatments and the controls using edgeR and compared the lists of significant genes between monomer and polymer treatments. Interestingly, this analysis allowed distinguishing both genes that were part of a shared response to different compound classes (i.e., core genes) and genes that were specific to each monomer and polymer treatment within the respective compound classes.

In each of the compound classes investigated, the levels of expression (summed relative abundances) of the core genes were highly similar in the monomer and polymer treatments for a given compound class. The core in the carbohydrate treatments (mono- and polysaccharides) consisted of 204 shared genes (accounting for ∼36% of total reads) which reached a significantly higher relative abundance in the CH-core compared to the controls, making it the largest core. In comparison, as many as 458 genes (53%) were specifically overrepresented with monosaccharides and 251 genes (∼30%) were specific to polysaccharides (Figures 4A, 5A). Among the nucleic acid core (Nuc-core) genes, 184 genes (∼13%) were significantly more abundant compared to controls (Figures 4A, 5A). The number of genes specific to either the nucleotides or DNA treatments was fairly low at 71 and 11 genes, respectively (Figure 4B). With only 66 genes (∼3–4%), the protein core (PR-core) was the smallest of the three studied cores (Figure 4C). In contrast, as many as 381 genes (∼65%) were specific to amino acids and 301 genes (46%) to polypeptides (Figures 4C, 5C).
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FIGURE 5. Core and non-core gene expression responses grouped into metabolic SEED categories depicting compound classes and condensation states. (A) Shows the mean (n = 3, except polyPR n = 2) of normalized counts per million (cpm) × 105 of biological replicates grouped into the 10 most abundant metabolic SEED categories of the compound class “core” and (B) the “non-core”. (C,D) Show the proportions shown in the panels above for improved visibility of the SEED categories. Genes were selected based on statistical pairwise comparisons of each treatment within a compound class against the controls. A significant overrepresentation of genes in treatments is based on a 5% false discovery rate (FDR) and a significantly positive change in relative abundance (direction). Abbreviation of compound classes: CH, carbohydrates; NUC, nucleic acid; PR, proteins. Abbreviation of condensation state: mono, monomers; poly, polymers.


A comparison of the three core gene sets showed that only five genes with a significantly higher relative abundance in the treatments were shared between the three cores (Figure 4D). More genes were shared between the carbohydrate and the nucleic acid cores (71 genes) than with the protein core (only 5 genes). Only three genes were found in the intersect between the nucleic acids and the protein cores (Figure 4D). An additional comparison of the monomer- and polymer-non-cores separately showed that monomeric and polymeric non-cores were remarkably distinct in the set of shared genes across the three compound classes (Figures 4E,F).



Core and Non-core Gene Expression Responses Characterizing the Different Compound Classes

A comparison of the compound-class core genes grouped into top-level metabolic SEED categories revealed pronounced differences in the metatranscriptomes associated with the three tested compound classes (Figure 5, Excel sheets in Supplementary Table S4). The carbohydrate core comprised numerous and highly expressed genes that were associated with motility and chemotaxis (∼14% of total reads), encoding for nearly complete bacterial flagellar complexes and chemotaxis proteins, but they made up a minor portion of the nucleic acid core (below 0.3%) and were absent from the protein core (Figures 5A,C). In the carbohydrate core, the categories Protein Metabolism, Amino Acid (up to ∼4% each) and Carbohydrate Metabolism (below 2%) were abundant, collectively pointing toward the importance of L-arginine degradation (e.g., NAD-specific glutamate dehydrogenase), glycogen metabolism (e.g., glucose-1-phosphate adenylyltransferase (∼0.2%, first rate-limiting step of glycogen biosynthesis), and utilization of labile carbon compounds (e.g., chitin N-acetylglucosamine, D-galacturonate, D-glucuronate, maltose, maltodextrin, deoxyribose, deoxynucleoside and trehalose, sucrose, xylose, rhamnose, and ribose). In the nucleic acid core, the SEED categories Amino Acids and Carbohydrates were abundant (∼2.5%), as illustrated by a nearly complete L-arginine succinyltransferase (AST) pathway. Rather surprising was the low abundance of Membrane Transport (∼0.1% of total reads) in the carbohydrate core, that accounted for ∼0.6% in the nucleic acid core (e.g., TonB transport systems and nucleoside permease NupC) and for up to ∼0.4% in the protein core (e.g., inorganic phosphate transporters). Both the nucleic acid and the carbohydrate cores showed a dominance of expressed genes (below 1%) in the Vitamin category that was relatively low in the protein core (∼0.3%) (Figures 5A,C).

To determine the potential influence of monomers compared to polymers on bacterioplankton community transcription, we analyzed the specific (i.e., non-core) genes with a significantly higher relative abundance in the different DOM treatments relative to controls (Figures 5B,D, Excel sheets in Supplementary Table S4). All non-cores (monomers and polymers) showed noticeable differences in the gene expression patterns between compound classes in a broad variety of SEED categories (Figures 5B,D). In the carbohydrate treatments, Motility and Chemotaxis differed substantially between poly- (∼6% of total reads) and monosaccharides (∼1%); for example, in the polysaccharides many Type IV pili associated genes (e.g., PilY/M/A/W/E) were highly expressed (Figures 5B,C). In addition to genes in the polysaccharide non-core that were related to carbohydrate metabolism (4%), e.g., malate synthase (∼0.9%) and malate synthase-related protein (∼0.5%), genes indicative of utilization of carbohydrates (e.g., glycogen, chitin, rhamnose, xylose), and degradation of polysaccharides (e.g., beta-glucosidase) were highly expressed. Categories with a higher relative abundance in the monosaccharide non-core were for example Carbohydrates (∼10%), Vitamins (6% compared to ∼2% in polysaccharides), Amino Acids (∼6% compared to ∼3%). In particular, L-arginine and putrescine (synthesis and degradation) genes, and Membrane Transport (∼5% compared to ∼2%) that consisted of numerous genes relevant for the transport of branched-chain amino acids (0.4%), polyamines (∼0.3% e.g., PotD/F/A/G/B/C), and many ABC type transporters with specificity toward fructose (0.3%, e.g., FrcA/B/C), ribose (0.1% e.g., RbsA/B/C) and various polyols (i.e., selenate and selenite) (Figures 5, 6, and Supplementary Table S4), that were not found in the polysaccharide non-core. In the amino acid non-core, Membrane Transport (∼4%) was 4-fold more abundant, encoding amino acid and polyamine specific transporter genes (below 0.1% e.g., polyamine transport–PotA/B/C/H, histidine, and arginine ABC transporter) compared to the polypeptide non-core that comprised only a few transporter associated genes e.g., for sulfate, iron, and phosphate (e.g., PstC/B/A) (Figures 5, 6, and Supplementary Table S3). Additional functional features that were enriched in the amino acid non-core, found in the Amino Acids category, were e.g., parts of the ILV (isoleucine, leucine, and valine) degradation pathway, Carbohydrates (below ∼8% each), Fatty Acids and Lipids and Motility and Chemotaxis (∼2%) that consisted of many chemotaxis associated genes (32 genes, e.g., CheV/A/Y/Z/R/W/B/C), twitching motility and Type IV pili (Figures 5B,C). The gene expression in the nucleic acid non-core was very low (below ∼3%) compared to the other compound classes, but some categories differed notably between condensation states, for example, Amino Acids. Notably, in the nucleotides non-core, Motility and Chemotaxis was undetectable, whereas the Carbohydrates and Fatty Acids and Lipids categories were absent from the DNA non-core (Figures 5B,C).
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FIGURE 6. Individual gene-level expression of significantly overrepresented genes (positive log2-fold-change compared to controls) grouped into the 10 most abundant SEED categories. Genes with a false discovery rate (FDR) below 5% in treatments compared to controls are displayed. The bubble size corresponds to the mean (n = 3, except polyPR n = 2) of normalized counts per million (cpm × 104) of total reads, the colorbar represents FDR values. Note that the numbers of genes are inflated due to multiple roles of certain genes, thus assignment to more than one SEED category is possible. Abbreviation of compound classes: CH, carbohydrates; NUC, nucleic acid; PR, proteins. Abbreviation of condensation states: mono, monomers; poly, polymers. “Core” refers to shared response in monomers and polymers for a given compound class; “non-core,” responses specific to a certain treatment excluding the core fraction.




Functional Signature of Compound Classes and Condensation States

Lastly, a search for gene systems encoding ecologically relevant functions uncovered “functional signatures” that differed between compound classes and condensation states, both in the number of genes and relative abundance (Supplementary Figures S4–S6). For example, the carbohydrate core was enriched with transferases (14 genes accounting for ∼1.5% of total reads) compared to nucleic acid and protein cores (∼16 genes, ∼1% and 9 genes, ∼0.5% of total reads) (Supplementary Figures S4–S6). However, in the carbohydrate non-cores, the most striking functional signatures were associated with transporters (92 genes in the monosaccharide non-core but only 13 in the polysaccharide non-core, accounting for 4.1% and 0.2% of total reads, respectively) and transferases (42 genes ∼5% and 21 genes ∼2%). Similarly, the protein non-cores were enriched in transferases, 58 genes were detected in the polypeptide non-core and 30 in the amino acid non-core (accounting for ∼4% and ∼2% of total reads). Genes coding for reactions associated with carbohydrate-active enzymes (CAZymes) were primarily detected in the non-cores with the highest expression in the carbohydrates (21 genes, ∼1% of total reads) and protein non-cores (Supplementary Figure S4–S6).



DISCUSSION

Our study demonstrates how marine bacteria responded to two major facets of DOM characteristics. First, we found pronounced differences in bacterial growth, activity, and functional gene expression upon exposure to different compound classes (i.e., carbohydrates, nucleic acids, and proteins). Second, within the carbohydrates and protein compound classes (but not nucleic acids), bacterial responses differed between enrichments with monomers compared to polymers (i.e., condensation state). Thereby we substantially expand on the few studies that have directly compared bacterial responses to different labile polymers and their constituent monomers (Cottrell and Kirchman, 2000; Bryson et al., 2017), showing that resource partitioning between bacterial taxa is influenced by the condensation state of the DOC compounds. These considerations emphasize that analyses of bacterial growth and gene expression responses to complementary sets of chemically defined and ecologically relevant DOC compounds, differing for example in nutrient stoichiometry or condensation states, or both, allow gaining novel knowledge of the molecular mechanisms regulating the marine carbon cycle (Moran et al., 2016).

A first notable observation on the bacterial responses to the studied carbon compounds was the ample variability in growth dynamics between monomers and polymers both within and between compound classes (Figure 1). This links with the complex discussion regarding whether marine bacteria preferentially rely on low- or high-molecular-weight DOC for growth and how molecular weight influences lability and transformation rates of dissolved organic matter (Moran et al., 2016). In our experiments, bacteria responded quickly to enrichment with either carbohydrates or protein (and fairly slow to nucleic acids), and associated with the polymers in each of these two classes there were strong increases in glucosidase and aminopeptidase activities, respectively. Still, it was only in the protein enrichments that there were pronounced differences in growth, with higher yields in polypeptides compared to amino acids. In a previous study, we observed the fastest growth responses and highest cell yields in enrichments with amino acids compared to monomers like glucose (Gomez-Consarnau et al., 2012). In the current study though, the highest cell numbers were in the polypeptide treatment; currently, we cannot specify if this was due to smaller bacterial cell sizes or to a higher total biomass yield with polypeptides. Nevertheless, our findings on the utilization of monomers and polymers in distinct biopolymer classes, that are released into the water through various ecological processes, indicate that both low- and high-molecular-weight DOC can be considered labile or “user-friendly” from a bacterial community perspective.

Second, bacterial growth showed interestingly divergent linkages with overall gene expression responses. Thus, it could be expected that there would be little, if any, differences in gene expression between monomers and polymers of the same compound class when the growth responses in the two condensation states were highly similar—as was the case for nucleotides compared to DNA. Also, it was expected to find profound differences in gene expression when the growth patterns diverged substantially between monomers and the corresponding polymers–as for the amino acids compared to polypeptides. Unexpectedly, and importantly, the responses in the carbohydrate amendments showed that although the growth dynamics were highly similar in the treatments with simple sugars as compared to polysaccharides, the gene expression patterns differed substantially. Collectively, these divergent responses indicate that the manners in which bacteria deal with distinct carbon compounds are more complex than what would be inferred from the overall growth dynamics.


Gene Expression Analyses

In our quest for disentangling the molecular mechanisms that regulate the complex interactions between marine bacteria and dissolved organic matter, it was important to note that the bacterial gene expression patterns were structured at several levels. This included: (i) significant effects on functional gene expression of DOM at the level of compound classes (i.e., distinguishing responses to carbohydrates, proteins, and nucleic acids) and also (ii) at the level of particular monomers and polymers (i.e., in the cases of mono- vs. polysaccharides and amino acids vs. polypeptides, but marginally for DNA vs. nucleotides). Moreover, (iii) there were pronounced taxonomic differences in the expression responses to the different carbon compounds. In the following, we will discuss key features of these three points, and their interdependencies toward selectively shaping bacterial expression responses.


Core Gene Responses

The finding of sets of expressed genes that differed significantly between the compound classes carbohydrates, proteins, and nucleic acids (but were shared between monomer and polymer enrichments within each of the classes) indicated the response of “core genes” characteristic to the compound classes. These core gene responses were different already at the level of broad functional categories (i.e., top-level SEED categories), which emphasizes the pronounced influence the availability of resources has on bacterial metabolism. In several cases, the core gene sets matched expectations concerning the added DOM. Accordingly, the carbohydrates core showed several-fold higher expression of glucosidases relative to controls (most pronounced in polysaccharides). Moreover, genes involved in the biosynthesis of glycogen were significantly more abundant in the carbohydrates core (including the gene for glucose-1-phosphate adenylyltransferase–the enzyme that catalyzes the rate-limiting first-step in the biosynthesis of glycogen). Indeed, investment in metabolic storage compounds such as glycogen is an important strategy to cope with dynamic changes in nutrient availability (Wilson et al., 2010).

More surprising was the high expression of motility and chemotaxis genes in the carbohydrates core not seen in the other cores, suggesting that compound class may be more important than the condensation state in inducing responses of motile and chemotactic bacteria. This motility response was observed in both the mono- and polysaccharide treatments even though the expression in these treatments was dominated by different taxa (and even though Alteromonadales largely dominated also in the nucleic acids treatments, their expression of motility genes there was ∼5-fold lower). It has been noted that motility is often coupled with the expression of hydrolyzing enzymes and that motility and chemotaxis play a paramount role in the degradation of organic matter in the sea (Blackburn et al., 1998; Stocker, 2012). While there is knowledge on the nature of chemoattractants (e.g., amino acids, organic acids, carbohydrates) in bacteria (Pandey and Jain, 2002; Kalinin et al., 2010; Fernandez et al., 2019), the role that the condensation state has in triggering gene expression responses in motile and chemotactic marine bacteria warrants further research. Also, curious, the carbohydrates core consisted of a nearly complete L-arginine catabolism pathway. A review by Cunin et al. (1986) reported that few gram-negative proteobacteria use the arginine succinyltransferase (AST) pathway to utilize L-arginine as the sole carbon and nitrogen source. Yet, it remains unclear what induced this particular pathway in the carbohydrate treatments.

As could be anticipated, the nucleic acids core was enriched in genes involved in DNA catabolism and conversion, encoding enzymes for the utilization of purine and pyrimidines that allow active usage of the added nucleic acids as carbon, nitrogen, and phosphorus sources (Kirchman, 2003). The expression responses in the protein core were characterized by genes associated with amino acid metabolism but also with phosphorus metabolism. The latter involved genes for both uptake and hydrolysis of phosphate compounds is interesting in that it points to a demand for P to obtain a balanced stoichiometry in face of the high content of C and N in protein (amino acids and polypeptides alike). Collectively, these findings indicate that the chemical properties inherent to different DOM compound classes, for instance, the variability in elemental ratios, chemical linkage types, and chemical bonds, exert differential selection pressure on bacterial gene expression.



Monomer- and Polymer-Specific (Non-core) Gene Expression Responses

In the following, we discuss the patterns in the expression of functional genes in the monomer and polymer treatments in the context of the expression by different bacterial groups since they were tightly linked. Interestingly, these specific monomer/polymer responses were larger than the compound class-wide set of core genes (both in number of genes and relative expression). The monosaccharide-specific gene set (non-core) consisted of a noteworthy number of transporter associated genes (Supplementary Figure S2), out of which many were associated with monosaccharide uptake as could be anticipated. Rather surprising though, was the presence of several genes encoding transporters that are specific for polyols, nucleosides, amino acids, and polyamines. Potentially, the availability of monosaccharides may have provided additional energy that induced the acquisition of compounds that were present in the original seawater. Members of the Oceanospirillales that dominated the expression in the monosaccharide treatments are known as fast responders to oil spills thanks to near-complete pathways for non-gaseous n-alkane and cycloalkane degradation (Mason et al., 2012, 2014). Also, genomic analyses of uncultured Oceanospirillales representatives found genes associated with chemotaxis and motility capabilities besides a complete B12 vitamin synthesis pathway in conjunction with a suite of transporters for scavenging nutrients such as amino acids, fatty acids, carboxylic acids, ammonium, iron, sulfate, and phosphate (Mason et al., 2012; Delmont et al., 2015). In addition, Marinomonas sp. is taking part in the ocean sulfur cycle through catabolism of dimethylsulfoniopropionate (DMSP) resulting in the formation of dimethyl sulfide (DMS) (Todd et al., 2007). Our experimental analysis showed that Oceanospirillales are extraordinarily efficient in scavenging certain monomers, especially monosaccharides, thereby adding an important ecological feature to this bacterial group.

The most striking feature of the polysaccharide non-core was the pronounced expression of genes encoding motility and chemotaxis, in addition to type IV pili genes. Type IV pili can have a multitude of functions (e.g., adherence and aggregation, motility, biofilm formation, competence and conjugation, protein secretion) (Chen and Dubnau, 2004; Giltner et al., 2012; Maier and Wong, 2015), and can be involved in inter-bacterial interactions during surface colonization of the polymer chitin (Adams et al., 2019). The dominant expression of Alteromonadales (Colwellia sp. and Shewanella sp.) in the polysaccharide treatment is in accordance with their recognized ability to utilize labile DOC and of outcompeting other bacteria under high nutrient concentration (McCarren et al., 2010; Sarmento and Gasol, 2012; Pedler et al., 2014). These opportunists can comprise significant proportions of natural bacterioplankton communities both in terms of abundance and activity (Acinas et al., 1999; Teeling et al., 2012). The genomic predisposition toward a diverse set of organic matter compounds, together with the experimental evidence for responsiveness to polysaccharides and nucleic acids provided here, thus make important parts of the “feast-and-famine” lifestyle of Alteromonadales (McCarren et al., 2010; Pedler et al., 2014; Koch et al., 2020).

Also, members of the order Chromatiales contributed to the expression in the polysaccharide treatment with strong expression signals in carbohydrate and amino acid metabolism. Whereas this order encompasses well-known purple sulfur bacteria that are typically photoautotrophs with a limited ability of photoheterotrophy, it also contains typically heterotrophic bacteria such as the genus Rheinheimera that was transcriptionally active in our experiments and that is found in diverse aquatic environments (Brettar et al., 2002; Chen et al., 2010). In Baltic Sea experiments, Rheinheimera sp. were highly responsive to nutrient additions (e.g., glucose, ammonium, phosphate, n-alkanes) or changes in environmental conditions (Pinhassi and Berman, 2003; Lindh et al., 2015a; Karlsson et al., 2019). A search for Rheinheimera sp. in the carbohydrate-active enzyme (CAZy) database (http://www.cazy.org; last update on June 26, 2020) showed that at least two genomes (Rheinheimera sp. D18 and F8) contain a notable number of glycoside hydrolase families (e.g., GH1, GH3, GH13, GH23, GH73, GH77, and GH103), and other carbohydrate-degrading enzymes (data not shown). These findings suggest that Chromatiales and Rheinheimera related taxa in particular may be important in the turnover of polymers.

Rather unsurprisingly, amendments with amino acids resulted in an overrepresentation of expressed genes in amino acid metabolism (but distinct from amino acids metabolism in the polypeptide treatment, see below) and an outer membrane porin (OprD) with known specificity for cationic amino acids and peptides (Tamber et al., 2006). The expression of polyamine related transporters was curious. These polycationic compounds (e.g., putrescine and spermidine), which are produced in large quantities during phytoplankton blooms in the sea (Nishibori et al., 2001), are rich in carbon and nitrogen and are required for the synthesis of deoxyribonucleic acids (DNA), ribonucleic acids (RNA) and proteins (Tabor and Tabor, 1985; Leigh and Dodsworth, 2007). Amendments with amino acids resulted in a functional dominance of Pseudomonadales (in particular Pseudomonas). The genus Pseudomonas (Gammaproteobacteria) is extremely diverse in regard to metabolism, physiology, and genetics (Palleroni and Doudoroff, 1972; Spiers et al., 2000) and includes pathogens as well as species efficient in the degradation of toxic compounds and aromatic hydrocarbons (Bartolome-Martin et al., 2004; Teufel et al., 2010; Wasi et al., 2013). Griffith and Fletcher (1991) measured high hydrolysis rates of dipeptides and proteins in incubations with Pseudomonas isolates, both in solution and attached to diatom particles (Griffith and Fletcher, 1991). Moreover, many gammaproteobacteria, including Pseudomonas, are able to utilize branched-chain amino acids as sole carbon and energy sources via the ILV (i.e., isoleucine, leucine, and valine) degradation pathways (observed here) (Kazakov et al., 2009). These findings highlight the potential linkage between polyamines and amino acids (especially branched-chain amino acids) and the ability of Pseudomonadales (i.e., Pseudomonas and Psychrobacter) to outperform other bacteria in the quest for these labile organic monomers.

In the polypeptide treatment, genes in the SEED categories Protein Metabolism and Amino Acids were highly expressed (but subcategories in amino acid metabolism differed as compared to the treatment with amino acids added as monomers). Another interesting observation was the relatively high abundance of transferases, especially these targeting phosphorus-containing groups (Supplementary Figures S4, S5), whereby bacteria synthesize important macromolecules (Lairson et al., 2008). Flavobacteriales dominated virtually all metabolic subcategories in the polypeptide amendments. The Flavobacteriales (Bacteroidetes) are recognized as exceptionally efficient polysaccharide degraders, both in laboratory experiments and field observations (Pinhassi et al., 2004; Teeling et al., 2012; Fernandez-Gomez et al., 2013; Bennke et al., 2016). Accordingly, comprehensive genome analyses of Flavobacteriia reveal the presence of multiple polysaccharide utilization loci (PULs) with important ecological implications (Fernandez-Gomez et al., 2013; Grondin et al., 2017; Kappelmann et al., 2019). Noteworthy, multiple reports emphasize that Bacteroidetes encode numerous peptidases that can even outnumber glycoside hydrolases (GHs) (Fernandez-Gomez et al., 2013; Mann et al., 2013). An early field study using microautoradiography demonstrated a preference of Bacteroidetes for proteins over amino acids, with roughly half of the cells utilizing protein but only a minor fraction consuming amino acids (Cottrell and Kirchman, 2000). Orsi et al. (2016) expanded on this observation reporting a substantial contribution of particle-attached Flavobacteria to the utilization of proteins in the upper coastal Pacific Ocean (Orsi et al., 2016). Possibly, a preference for protein-rich compounds over free amino acids could be driven by the fact that peptides provide more carbon, and ultimately more energy, per nanomole at a similar energetic cost compared to the same concentration of dissolved free amino acids (Kirchman and Hodson, 1984; Casey et al., 2015). Collectively, these results further suggest that, besides the recognized importance of Flavobacteria in the hydrolysis of carbohydrates, they play an important role in the transformation of proteins in seawater (Pinhassi et al., 1999; Fernandez-Gomez et al., 2013).



Influence of Monomers and Polymers on Selective Divergence in Taxon-Specific Expression

A principle question raised by our finding is what determined the strong divergence in functional gene expression responses by distinct taxa in the monomer and polymer treatments within the carbohydrates and protein compound classes (i.e., non-core responses), even though the polymers consist of the same monomers. A harmonious explanation for this observation would be that populations that dominate the polymer treatments do so by being better at hydrolyzing polymers (Baltar, 2017), whereas monomer specialists are more successful in the uptake of monomers (Alonso and Pernthaler, 2006). Indeed, in the polymer treatments, we measured very high hydrolysis rates for polysaccharides and proteins (glucosidases and aminopeptidases, respectively) (Supplementary Figure S2A), and there were tendencies toward a higher expression of hydrolytic enzyme genes in the polymer treatments and of membrane transporters in the monomer treatments. Given that, ultimately, the compounds transported into the cell are essentially the same monomers (although substrates could also be transported as oligomers), irrespectively of whether initially provided as polymers or monomers, our results suggest that the “first encounter” (e.g., sensing, assimilation, consumption, affinity) of the different compounds exerts a very strong selection for expression by different taxa. In this scheme, the “first encounter” essentially would consist of hydrolytic enzymes and membrane transporters.

Our results extend on the elegant phrasing by Arnosti et al. (2011) that “enzymatic hydrolysis is the initial step leading of the entire remineralization cascade”, so that the initial hydrolysis and subsequently uptake across the cell membrane apparently orchestrates remodeling of the gene expression repertoire of bacterial assemblages. Such changes in expression are likely to have downstream effects, influencing which additional and complementary metabolic pathways that are induced depending on the successful taxa. Shifts in expression would be further accentuated by changes in the abundance of different bacterial populations (Aylward et al., 2015) and the sets of constitutively expressed metabolisms among increasing populations. These findings imply that differences in DOM composition, and in this context the condensation state of compounds, would influence successional patterns by favoring bacteria differing in a gradient from hydrolyzer to monomer specialists.

A concern regarding our interpretation of bacterial responses to different DOM components of different compound classes and condensation states could be that we carried out two experiments each using water collected in February and mid-March, respectively, and that the two experiments tested different sets of DOM compounds. Since bacterial community composition changes over time, differences in the inoculum composition could affect the results by influencing which bacteria became dominant in a given treatment. We did not determine the community composition at the DNA level (16S rRNA gene analysis), and therefore can not directly evaluate the potential influence of the composition of the inoculum. Indeed, analysis of the gene expression responses indicated differences in taxonomic groups in the controls of the two experiments. For example, the Pelagibacterales were only transcriptionally active in experiment 2. Nevertheless, the presence of specific bacterial groups in each of the controls did not necessarily correspond to the groups dominating the expression in the treatments of the same experiment. For instance, Pseudomonadales made up a larger proportion of the expression in the controls from experiment 1, yet they dominated the polypeptide treatment that was tested in experiment 2. Collectively, we think that these observations indicate that the effect of differences in the starting communities was smaller relative to the influence of the DOM compound characteristics.

It has been shown that different DOC compounds select for specific sets of bacterial populations and often for distinct genetic functions (Cottrell and Kirchman, 2000; Mou et al., 2008; Gomez-Consarnau et al., 2012; Gifford et al., 2013). Going into further detail on uncovering the mechanisms of bacterial foraging strategies of potential importance in the wild, a few studies investigated bacterial growth, uptake, and enzymatic activity responses to different sets of a priori selected model compounds that differ in condensation state (i.e., monomers–e.g., glucose, amino acids, and N-acetyl-D-glucosamine compared to polymers–e.g., starch, protein, chitin, and oligopeptides) (Cottrell and Kirchman, 2000; Riemann and Azam, 2002; Obayashi and Suzuki, 2008; Bryson et al., 2017). Collectively, these studies showed that the utilization of low- and high-molecular-weight DOM compounds differed across broad phylogenetic groups, suggesting a high degree of specialization and resource partitioning among distinct bacteria. Our results substantially expand on these findings by providing detail on the functional genes that potentially account for resource partitioning at a fine-scale between multiple sets of monomers and polymers. This opens the possibility in the near future to explore the interdependence between particular DOM components and bacterial community composition. In particular, it would be important to uncover how successional patterns of marine bacteria are regulated by selection on particular genomic traits as realized through gene expression.



CONCLUSION

Our analysis uncovered pronounced differences in bacterial growth and gene expression responses when supplied with ecologically relevant DOM compound classes (including carbohydrates, nucleic acids, and proteins) and in two distinct condensation states (i.e., monomers and polymers). The systematic differences in gene expression profiles depending on DOM characteristics emphasized that: (i) the two facets of DOM quality–i.e., compound class and condensation state–influence bacteria in complementary ways, and (ii) DOM composition is a major driving force in structuring the functional responses of specific key bacterial taxa.

We think these two points emerged largely thanks to that transcriptional responses differed between compound classes, showing “core gene” responses for carbohydrates (notably genes for labile carbon compound utilization, glucosidases, and motility and chemotaxis), proteins (e.g., amino acids and phosphorus metabolism genes), and nucleic acids (e.g., DNA conversion, nucleotides utilization, and TonB transporters). In addition, there were important taxon-specific responses that included membrane transporters (Oceanospirillales; in monosaccharides treatment), motility and glycogen utilization (Alteromonadales; in polysaccharides), uptake systems for amino acids and polyamines (Pseudomonadales; in amino acids), and transferases and uptake systems (Flavobacteriales; in polypeptides). Responses specific to DNA and nucleotides were both dominated by Alteromonadales.

As a consequence, the specialization of bacterial populations to utilize polymers in comparison to monomers can be a factor decisive for regulating bacterial population dynamics in response to upwelling-driven phytoplankton blooms and seasonal succession. These findings showcase the interdependency between the genomic complement of marine bacteria and the precise architecture of labile DOM components that collectively regulates the “invisible” cycling of labile DOM in surface waters of the ocean.
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Bacterioplankton consume about half of the dissolved organic matter (DOM) produced by phytoplankton. DOM released from phytoplankton consists of a myriad of compounds that span a range of biological reactivity from labile to recalcitrant. Linking specific bacterioplankton lineages to the incorporation of DOM compounds into biomass is important to understand microbial niche partitioning. We conducted a series of DNA-stable isotope probing (SIP) experiments using 13C-labeled substrates of varying lability including amino acids, cyanobacteria lysate, and DOM from diatom and cyanobacteria isolates concentrated on solid phase extraction PPL columns (SPE-DOM). Amendments of substrates into Sargasso Sea bacterioplankton communities were conducted to explore microbial response and DNA-SIP was used to determine which lineages of Bacteria and Archaea were responsible for uptake and incorporation. Greater increases in bacterioplankton abundance and DOC removal were observed in incubations amended with cyanobacteria-derived lysate and amino acids compared to the SPE-DOM, suggesting that the latter retained proportionally more recalcitrant DOM compounds. DOM across a range of bioavailability was utilized by diverse prokaryotic taxa with copiotrophs becoming the most abundant 13C-incorporating taxa in the amino acid treatment and oligotrophs becoming the most abundant 13C-incorporating taxa in SPE-DOM treatments. The lineages that responded to SPE-DOM amendments were also prevalent in the mesopelagic of the Sargasso Sea, suggesting that PPL extraction of phytoplankton-derived DOM isolates compounds of ecological relevance to oligotrophic heterotrophic bacterioplankton. Our study indicates that DOM quality is an important factor controlling the diversity of the microbial community response, providing insights into the roles of different bacterioplankton in resource exploitation and efficiency of marine carbon cycling.

Keywords: stable isotope probing, labile, recalcitrant, DOM, bioavailability, copiotrophs, oligotrophs, Sargasso Sea


INTRODUCTION

Bacterioplankton incorporate dissolved organic matter (DOM) as their nutrient and energy resources, transform DOM via biotic processes, and mediate the transfer of energy and nutrients between trophic levels (Azam et al., 1983; Jiao et al., 2010; Bertrand et al., 2015). Extracellular release from phytoplankton is one of the major DOM production processes and heterotrophic bacterioplankton consume roughly half of the DOM produced by daily primary production (Williams, 1981). DOM released from phytoplankton consists of a myriad of compounds that span a range of turnover times and biological reactivity from labile to recalcitrant (Carlson, 2002; Hansell, 2013; Carlson and Hansell, 2015). A number of studies have demonstrated that the rate, efficiency, and composition of bacterioplankton growth is sensitive to the source of phytoplankton DOM, including effects of phytoplankton community structure (Pinhassi and Berman, 2003; Teeling et al., 2012), phytoplankton bloom dynamics (Wear et al., 2015), ocean acidification (James et al., 2019) and nutrient regime (Goldberg et al., 2017). Identifying how components of the DOM pool released by phytoplankton are incorporated by different bacterioplankton taxa is central to understanding both the dynamics of DOM globally and the factors maintaining the tremendous diversity of heterotrophic bacterioplankton in the world’s oceans.

Solid phase extraction (SPE) via hydrophobic resin, such as XAD, C-18, and PPL (Priority Pollutant), has often been used to isolate a fraction of DOM from seawater (Mopper et al., 2007; Dittmar et al., 2008). The hydrophobicity of most SPE columns results in low retention of certain compounds, such as highly polar organic acids. In fact, depending on the SPE resin and sample matrix (i.e., seawater, freshwater, cultures, etc.), only ∼10−60% of bulk DOM is retained on the columns (Meyers-Schulte and Hedges, 1986; Dittmar et al., 2008; Swenson et al., 2014; Johnson et al., 2017). Humic substances retained on and extracted from SPE columns are rich in carboxyl groups and aliphatic carbon and contain a class of persistent DOM (Druffel et al., 1992; Hedges et al., 1992; Lechtenfeld et al., 2014). Microbial remineralization experiments indicate that SPE-DOM from natural systems is dominated by recalcitrant compounds that are resistant to rapid microbial degradation (Shen and Benner, 2018, 2019). This suggests that pretreatment of bulk DOM by concentrating on SPE columns can be used to alter DOM quality. Empirically, DOM quality is a function of complex interactions between the biochemical characteristics of DOM molecules and the metabolic capabilities of diverse members of microbial communities (Nelson and Wear, 2014). Despite this complexity, it appears that the compounds enriched by SPE can broadly be classified as low quality, recalcitrant material.

Dissolved organic matter composition has been shown to shape bacterioplankton community structure, potentially due to variation in trophic strategies among taxa of heterotrophic plankton (Cottrell and Kirchman, 2000; Yooseph et al., 2010; Nelson and Carlson, 2012; Nelson et al., 2013; Landa et al., 2016). Bacterioplankton are typically categorized as oligotrophs or copiotrophs, adapted to low and high nutrient concentrations, respectively (Lauro et al., 2009; Yooseph et al., 2010). While oligotrophs are typically small, slow-growing cells with small genomes, copiotrophs are typically larger cells that use a “feast or famine” strategy to adapt to rapidly changing environments (Eilers et al., 2000; Giovannoni et al., 2005). For example, the abundant and ubiquitously distributed bacterioplankton SAR11 (Pelagibacterales) with streamlined genomes are representative oligotrophs while the larger Roseobacter and Alteromonadaceae are examples of copiotrophs (Polz et al., 2006; Buchan et al., 2014; Pedler et al., 2014; Giovannoni, 2017). Based on the niche width, bacterioplankton can also be characterized as generalists or specialists. While environmental heterogeneity favors selection of generalists that can utilize a diverse group of substrates, specialists evolve in homogeneous environments and have narrow niche width (Kassen, 2002; Mou et al., 2008). For instance, members of the Bacteroidetes and Flavobacteria clades are specialized in utilizing high molecular weight (HMW) polymers, whereas members of the Roseobacter clade exhibit diverse metabolic capabilities of nutrient acquisition (Teira et al., 2009; Zheng et al., 2019b). Understanding the interaction between DOM and bacterioplankton with varying trophic strategies and niche breadth is key to gaining insight into niche partitioning and resource competition between bacterioplankton populations.

Numerous seawater incubation and field studies have simultaneously measured the change in bacterioplankton biomass or activity in the context of organic matter utilization or have used molecular approaches like fluorescence in situ hybridization (FISH), catalyzed reporter deposition (CARD)-FISH, and amplicon sequencing to resolve changes of specific bacterioplankton lineages when DOM resources were introduced (Eilers et al., 2000; Harvey et al., 2006; Liu et al., 2020). While these studies provide potential linkages between DOM uptake and specific microbial response, the relationship between DOM and bacterioplankton phylogeny is only correlative, lacking direct evidence of uptake of specific DOM components into bacterioplankton biomass. Tracking organic matter labeled with stable isotopes into bacterioplankton biomass via stable isotope probing (SIP) is a promising procedure to better understand DOM metabolism and directly track utilization of targeted DOM components into the biomass of responding microbial populations (Neufeld et al., 2008; Mayali et al., 2014; Seyler et al., 2019). The principle of SIP is to amend an experimental incubation with a substrate labeled with heavy stable isotope (i.e., 13C or 15N) and track the labeled compounds into cellular biomass components, like phospholipid-derived fatty acid, DNA or RNA. Using an extended ultracentrifugation, the cellular components labeled by the heavy isotope are separated along a CsCl density gradient, isolated, and sequenced, thus linking phylogeny of organisms to the uptake of specific substrates or to specific metabolic function (Radajewski et al., 2003; Neufeld et al., 2007c). In marine environments, SIP has been used extensively in previous studies to identify bacterioplankton taxa incorporating simple model compounds or labile DOM sources such as peptides, proteins, amino acids, urea, and methane (Redmond et al., 2010; Connelly et al., 2014; Mayali et al., 2014; Orsi et al., 2016; Liu et al., 2017). However, one of the challenges of applying SIP to study natural microbial assemblages is that these model compounds or freshly derived complex organic matter can be highly labile and often disproportionately enrich for copiotrophs that may not be representative of bacterioplankton capable of utilizing more recalcitrant compounds that are present in the environment. To date, only a few studies have used the DNA-SIP approach to compare and contrast the responding bacterioplankton community capable of incorporating DOM of varying quality (Nelson and Carlson, 2012; Bryson et al., 2017); in particular using this approach to identify bacterioplankton capable of incorporating recalcitrant/transformed DOM has not been well explored.

In the northwestern Sargasso Sea, annual winter convective mixing redistributes semi-labile and semi-refractory DOM accumulated in the summer-autumn stratified period from surface to the upper mesopelagic water (Carlson et al., 1994; Hansell and Carlson, 2001), leading to a responding bacterioplankton community of oligotrophs, including members of the Alphaproteobacteria SAR11 (now order Pelagibacterales), the Chloroflexi SAR202 (now class Monstramaria), and the Alphaproteobacteria OCS116 clades that may be capable of utilizing recalcitrant DOM (Carlson et al., 2009; Treusch et al., 2009; Landry et al., 2017; Saw et al., 2020). In this study, we altered the quality of 13C-labeled DOM substrates to explore if the alteration might select for responding microbes representative of those observed in the mesopelagic of the Sargasso Sea during or following the downward export of surface DOM via convective mixing. We conducted a series of DNA-SIP experiments focused on microbial assemblages collected from the euphotic and mesopelagic zones of the northwestern Sargasso Sea to explore which lineages of bacterioplankton were capable of responding to and incorporating a suite of organic compounds of varying complexity and lability. The 13C labeled DOM ranged from model organic compounds (i.e., amino acids) to phytoplankton derived 13C labeled DOM lysates and exudates. PPL columns were also used to further alter the quality of phytoplankton derived DOM. Using various DOM substrates, we aimed to compare bacterioplankton responses to (1) labile model compounds and complex DOM (amino acids vs. phytoplankton-derived DOM), (2) PPL-altered vs. unaltered DOM (Synechococcus lysate vs. lysatePPL, and exudatePPL), (3) phytoplankton DOM of different origins (Synechococcus vs. Thalassiosira weissflogii DOM), and to compare the responses of (4) surface and mesopelagic bacterioplankton to DOM additions (more details below).



MATERIALS AND METHODS


Phytoplankton Culturing, DOM Substrate Extraction, and Characterization

A cyanobacteria and diatom were chosen as representative phytoplankton species to produce complex phytoplankton-derived 13C labeled DOM. Synechococcus (Syn) is an important phytoplankton group representing ∼9−23% of phytoplankton biomass in the Sargasso Sea (Olson et al., 1990; Durand et al., 2001). Diatoms contribute to 25−75% of global ocean primary production and Thalassiosira weissflogii (TW) is an important coastal marine diatom species (Nelson et al., 1995). Diatoms are rare but occasionally bloom in the Sargasso Sea during springtime (Siegel, 1990; Krause et al., 2009). Although accounting for only <5% of total chlorophyll (Goericke, 1998), diatoms can contribute up to ∼25% of new production and 41−100% of particulate organic carbon (POC) export flux from the upper 200 m in response to late-winter storms in the Sargasso Sea (Krause et al., 2009).

TW (strain CCMP1336, from Bigelow Laboratory for Ocean Sciences) and Syn (strain CC9902, isolated from Santa Barbara Channel and inferred from NCBI Blast) were cultured in f/2 and L1 media, respectively (Guillard and Ryther, 1962; Guillard, 1975; Guillard and Hargraves, 1993). Trace metal concentrations in EDTA solution were reduced to 10% of recommended values in order to minimize organic matter contribution associated with the chelator solution. Media was amended with 13C-sodium bicarbonate (final concentration of 2.38 mmol L–1) in artificial seawater (ASW, 420 mmol L–1 NaCl, 28.8 mmol L–1 Na2SO4, 9.39 mmol L–1 KCl, 0.84 mmol L–1 KBr, 0.0485 mmol L–1 H3BO3, 0.0715 mmol L–1 NaF, 54.6 mmol L–1 MgCl2.6H2O, 10.5 mmol L–1 CaCl2.2H2O, 0.0638 mmol L–1 SrCl2.6H2O) and cultures were grown at 14°C with a 14:10 light/dark cycle. After TW cell density reached approximately 108 cells/L and Syn reached approximately 1010 cells/L, cultures were harvested and multiple 250 ml aliquots were centrifuged at 10,000 rpm (6,684 × g) for 15 min (Nelson and Carlson, 2012). The supernatant was filtered through combusted GF/F (Whatman) then through a pre-rinsed 142 mm 0.2 μm pore-size polyethersulfone filter (Supor) and the resulting filtrate was characterized as culture “exudate.” Next the cell pellets were washed three times by resuspending in 60 mL ASW (no added nutrients) and re-pelleting at 10,000 rpm for 15 min to remove excess media. The pellets were then placed in 5 mL Nanopure water and stored frozen at −20°C. This slurry was thawed and frozen three times and then vortexed for at least 5 min with 0.5 mL pre-combusted garnet beads (MoBio Laboratories) to ensure rupturing of cells and release of cytosol. The slurry was aliquoted into multiple 2 mL microcentrifuge tubes and spun at 13,000 rpm (12,470 × g) for 20 min. Supernatant was filtered through combusted GF/F and then syringe filtered through a pre-rinsed 0.2 μm polycarbonate filter. The final filtrate is referred to as phytoplankton “lysate.”

To further alter the quality of lysate and exudate DOM and also remove any inorganic nutrients carried from the culture media, a portion of the phytoplankton-derived DOM lysate and exudate was extracted using Bond Elut PPL cartridges (Agilent 1 g/5 mL) and solid phase extraction method following the protocol by Dittmar et al. (2008). Extracts from PPL cartridges were eluted with 8 mL methanol, dried under N2 gas and resuspended in 8 mL Nanopure water. We refer to the final extracts as “lysatePPL” and “exudatePPL.” PPL cartridges were found to be more efficient than C-18 in extracting dissolved organic carbon (DOC) from seawater, retaining approximately 43−65% of DOC in oceanic seawater (Dittmar et al., 2008). However, we observed an 8−15% recovery of DOC after PPL extraction of our phytoplankton lysates and exudates.

To compare the effects of PPL extraction on the chemical quality of DOM substrates, 0.5 mL 13C-Syn lysate and 13C-Syn lysatePPL extract stock were lyophilized and dissolved in dimethyl sulfoxide-D6 (Cambridge Isotope Laboratories, 99.9% D) for 2D [13C, 1H] heteronuclear single quantum coherence (HSQC) nuclear magnetic resonance (NMR) analysis. Eight to twelve scans were performed on samples to identify major functional groups containing 13C and correlation with 13C-attached H. Analysis were conducted on a Varian Unity Inova 500 MHz at the University of California Santa Barbara (UCSB) NMR facility (Department of Chemistry and Biochemistry) following established protocol (Davis, 1991; Schmieder et al., 1991; Davis et al., 1992).

Urea concentrations in Syn lysate, Syn lysatePPL, and Syn exudatePPL substrates were measured using the room-temperature diacetylmonoxime method on a spectrophotometer (Goeyens et al., 1998).



Incubation Setup and Sampling

Seawater for DOM remineralization experiments was collected from the surface (10 m) and/or mesopelagic (200 m) zones in the vicinity of Hydrostation S (HS) (32°10′N, 64°30′W) or the Bermuda Atlantic Time-series Study (BATS) spatial station (SS#1) (31°46′N, 64°43′W) in the northwestern Sargasso Sea during thermally stratified periods of July (2016, 2017) and November (2017). Seawater was sampled via Niskin bottles on a conductivity, temperature, and depth profiling rosette onboard the R/V Atlantic Explorer. Incubation media was generated by mixing unfiltered whole seawater with 0.2 μm seawater filtrate generated by gravity filtration through a polycarbonate or mixed cellulose ester (pre-rinsed with 2 liters of milli-Q water and seawater) at a ratio of 30:70. Three sets of DOM substrates were amended to the surface and/or mesopelagic medium for incubation during three cruises (Table 1): 13C-TW lysatePPL extract; 13C-amino acid mixture (L-alanine-1-13C with hydrophobic side chain, L-serine-1-13C with polar side chain and L-methionine-carboxy-13C with sulfur-containing side chain at equal concentrations; Sigma-Aldrich; 99% 13C); 13C-Syn lysate, 13C-Syn lysatePPL extract, 13C-Syn exudatePPL extract. Free amino acid monomers were chosen as representative labile model compounds to contrast complex phytoplankton-derived DOM; three Syn DOM substrates were designed to directly compare bacterioplankton response between PPL-altered and non-altered DOM; TW DOM was introduced as a substrate from a different phytoplankton origin to compare with Syn DOM. The majority of the experimental treatments were conducted with mesopelagic seawater in order to simulate the response of bacterioplankton to DOM export during the annual convective mixing event in the Sargasso Sea (Carlson et al., 1994; Hansell and Carlson, 2001) and also to use seawater that was not limited by the availability of inorganic macro nutrients (Steinberg et al., 2001), with the exception that TW DOM incubation was conducted in both surface and mesopelagic seawater for a comparison between different ambient conditions. The isotope values of Syn substrates were measured at the University of California Davis Stable Isotope Facility using a TOC analyzer (Xylem Analytics, College Station, TX, United States) interfaced to an isotope ratio mass spectrometer (Sercon Ltd., Cheshire, United Kingdom). Syn lysate, Syn lysatePPL, and Syn exudatePPL were 100 atom%, 64 atom%, and 44 atom% 13C-labeled, respectively, and TW lysatePPL with similar extraction efficiency on PPL columns was assumed to have a similar range (44−64%) of 13C labeling.


TABLE 1. Amended 13C-DOM substrates and experimental incubation details.

[image: Table 1]Dissolved organic matter substrates were amended at final concentrations of 2−6 μmol C L–1 into duplicate 5 L polycarbonate carboys filled with seawater medium (30:70 mixture as described above) and incubated in the dark at in situ temperatures in upright incubators (Thermo Fisher Scientific Isotemp incubators) for 2−4 days until bacterioplankton reached late exponential to stationary growth phase. Unamended control treatments with only seawater medium were also performed. Bacterioplankton abundance (BA), DOC and total dissolved amino acids (TDAA) replicates were sampled at regular time intervals from duplicate carboys. DNA was sampled at the initial time point (T0) and final harvesting time point (TF) of the incubation. BA (10 mL) samples were fixed with 0.2 μm filtered formaldehyde (1% final concentration), stored at 4°C and processed within 48 h or stored at −80°C until slide preparation. DOC samples (duplicate 30 mL draws) were filtered through double-stacked combusted GF-75 filters (Advantec, 0.3 μm pore-size, dia. 25 mm) into combusted 40 mL EPA glass vials and acidified to pH < 3 with 4N HCl. TDAA samples (30 mL) were filtered through the same double-stacked GF-75 filters into 60 mL acid-washed high density polyethylene (HDPE) bottles and stored at −20°C. 500 mL from each replicate treatment was combined (total 1 L) and filtered through an Omnipore polytetrafluoroethylene (PTFE) filter (0.2 μm pore-size, dia. 47 mm) for T0 DNA collection. Approximately 1 to 3.5 L of water from each incubation carboy was filtered on Omnipore filters and replicate treatments were pooled (total 2−7 L filtered) to obtain enough DNA at the final harvesting time point for DNA-SIP fractionation (described below). DNA filters were stored at −80°C in sucrose lysis buffer [750 mmol L–1 sucrose, 20 mmol L–1 ethylenediaminetetraacetic acid (EDTA), 400 mmol L–1 NaCl, 50 mmol L–1 Tris−HCl, pH 8.0] (Giovannoni et al., 1990).



BA Counting, Biovolume, and Bacterial Carbon

Prokaryotic cells were stained with 5 μg mL–1 4′,6-diamidino-2-phenylindole dihydrochloride (DAPI, Sigma-Aldrich) and enumerated with an Olympus AX70 epifluorescence microscope under ultraviolet excitation at 1000 × magnification (Porter and Feig, 1980). As this counting cannot differentiate between Bacteria and Archaea, bacterioplankton henceforth refers to both Bacteria and Archaea. Cell biovolume for each sample was based on 10 images captured with a digital camera (Retiga Exi-QImaging, Surrey, BC, Canada) and analyzed with ImageJ software. Cell length (L, major axis) and width (W, minor axis) were obtained from image analysis and biovolume (V) was calculated as:
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when L/W > 1.5 it is assumed that the cell shape is a cylinder with hemispherical ends or:
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when L/W < 1.5 it is assumed that the cell shape is spherical (Baldwin and Bankston, 1988; Sieracki et al., 1989). Bacterial carbon (BC) was calculated as:
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where CCF is the carbon conversion factor of 148 fg C μm–3 (Gundersen et al., 2002).



DOC Analysis

Dissolved organic carbon was analyzed using the high temperature catalytic oxidation (HTCO) method on a modified TOC-V or TOC-L analyzer (Shimadzu) in the shore based laboratory at UCSB (Carlson et al., 2010). Combustion tubes were extensively conditioned with low-carbon Nanopure water and deep seawater to minimize instrument blanks and achieve a stable baseline. The CO2 in the carrier gas was analyzed with a non-dispersive infrared detector and the resulting peak area was integrated with Shimadzu chromatographic software. Glucose standards (25−100 μmol C L–1) and reference seawaters were used daily for calibration. The reference seawaters were previously calibrated with DOC Consensus Reference Material (CRM) provided by D. Hansell (University of Miami) (Hansell, 2005). The precision for DOC analysis is ∼1 μmol L–1 or a CV of ∼2%.



TDAA Analysis

Replicate TDAA samples were hydrolyzed in 6N HCl under nitrogen at 110°C for 20 h and then neutralized using nitrogen evaporation (Henrichs, 1991). Nanopure blanks followed the same extraction protocol. TDAA were derivatized with o-phthaldialdehyde and measured by high performance liquid chromatography (HPLC, Dionex ICS5000+) equipped with a fluorescence detector (Ex = 330 nm, Em = 418 nm) following the established gradient program (Kaiser and Benner, 2009; Liu et al., 2013, 2020). The molecular formula for each AA that was resolved by the HPLC analyses was used to calculate the individual AA concentration in carbon units. The TDAA carbon (TDAA C) represents the sum of all of the individual AA concentrations in carbon units.



DNA Extraction and CsCl Gradient Fractionation

DNA was extracted using phenol and chloroform following the protocol of Giovannoni et al. (1996). For the final harvesting time point, 20 μL DNA (11−975 ng) was used as an unfractionated sample for whole microbial community structure analysis and the remaining 80 μL (45−3,900 ng) was used for fractionation along a CsCl density gradient following the protocol described in Neufeld et al. (2007a) and modified by Nelson and Carlson (2012). In brief, DNA was mixed with gradient buffer (autoclaved 100 mmol L–1 Tris−HCl, 100 mmol L–1 KCl and 1 mmol L–1 EDTA) and CsCl solution (autoclaved 1.85 g mL–1 in gradient buffer) to a final density of approximately 1.73 g mL–1 and transferred into 3.3 mL OptiSeal tubes (Beckman Coulter). This mixture was centrifuged at 177,000 × g in a near-vertical rotor (Beckman TLN-100) under vacuum and at 20°C in a Beckman Optima Max-XP ultracentrifuge for 40 h. Gradients were fractioned into ten 325 μL fractions by syringe pumping sterile Nanopure water at the top and collecting drops from the bottom of the tube. Each fraction was mixed with 2 volumes of 30% polyethylene glycol (PEG6000) and 1 μL glycogen (20 mg mL–1) for DNA precipitation. After 2 h, samples were centrifuged at 16,000 × g for 30 min and supernatant was aspirated. Then samples were washed with 70% ethanol, centrifuged again and pellets were dried at 37°C and resuspended in DNase-free sterile deionized water.



DNA Library Preparation, Illumina Sequencing, and Bioinformatics

Genomic DNA was amplified with 16S rRNA gene V4 primer 515F (5′-GTGYCAGCMGCCGCGGTAA-3′) and 806R (5′-GGACTACNVGGGTWTCTAAT-3′) with custom adapters (Wear et al., 2018). Amplicons were purified and normalized to ∼ 6−14 ng with SequalPrep plates (Invitrogen) and pooled at equal volumes. The pooled library was concentrated by the Amicon Ultra 0.5 ml 30 kDa filters (Millipore), gel-extracted to remove non-target bands (Qiagen Qiaquick) and sequenced at the University of California, Davis DNA Technologies Core on an Illumina MiSeq using PE250.

Sequence data were trimmed, dereplicated, amplicon sequence variants (ASV) determined, chimera checked, and taxonomic assigned using the DADA2 R package version 1.2 and SILVA v132 database (Callahan et al., 2016). For finer phylogenetic taxonomy assignment of the SAR11 and SAR202 clade, sequences were further run through the PhyloAssigner program (Vergin et al., 2013a). Sequences are deposited in the National Center for Biotechnology Information (NCBI) Sequence Read Archive (SRA) under project number PRJNA577154.



Identification and Validation of Bacterioplankton Incorporating 13C

A complete conceptual diagram for SIP sample processing and data analysis is presented in Figure 1. To identify taxa that incorporate 13C-DOM, 16S rRNA gene relative abundance across a CsCl density gradient was plotted for major family taxa (>0.1% in at least one fraction) (Supplementary Figure 1). Because fraction 1 (heaviest fraction) and fraction 10 (lightest fraction) contain mostly CsCl or sterile water and very few DNA sequences, they were excluded for further analysis. Theoretically, a population of cells that is well-labeled with 13C will have higher relative abundance in the heavy (high density) fractions compared to lighter fractions. Taxa of unlabeled populations will be most pronounced in the lighter CsCl fractions. A population of cells that is partially labeled will result in a higher relative abundance observed in both the high and low density fractions compared to medium density fractions (Supplementary Figure 1A; Nelson and Carlson, 2012). However, due to variable GC contents among various taxa and potential PCR amplification of trace contaminants, it is possible that unlabeled DNA will also smear across density fractions (Buckley et al., 2007; Neufeld et al., 2007b). Thus, to account for the unlabeled contribution of any given taxon, DNA samples of the unamended controls were also prepared in a CsCl gradient and fractionated in parallel to the amended samples. The relative abundance of one taxon in the amended treatment was divided by that in the unamended control treatment across all fractions, log2 transformed, and plotted against CsCl densities (Supplementary Figure 2). Three criteria were used to identify whether one family level taxon was incorporating 13C: (1) relative abundance of a taxon was >0.0001% (2/minimal reads) in at least three fractions; (2) relative abundance was >0.1% in unamended control unfractionated community or amended unfractionated community to avoid very rare populations and associated PCR bias; (3) relative abundance of a taxon showed “well-labeled” or “partially-labeled” pattern with CsCl density and log2 transformed relative abundance over unamended control did not show ambiguous, uniform or “unlabeled” pattern across various CsCl densities (Supplementary Figures 1, 2). As 20% taxa labeling is needed to confidently identify 13C incorporation, a threshold of 0.53 [i.e., ±log2 (1 + 20%)] in the log2(13C/unamended) range between lowest and highest values was used to identify significant change across density fractions (Uhlik et al., 2009).
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FIGURE 1. Flow chart of SIP sample processing and data analysis steps.
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FIGURE 2. NMR 2D 13C-1H HSQC plots (1H on x axis and 13C on y axis) of superimposed 13C Syn lysate (red positive contours) and 13C Syn lysatePPL (green positive contours) samples in deuterated DMSO. Noise negative contours are in blue. Circles are functional groups enriched in Syn lysate or Syn lysatePPL samples.


To verify that our method of CsCl density fractionation and identification of 13C incorporators can differentiate labeled from unlabeled bacterioplankton without confounding natural GC content variation, we conducted incubations using 12C TW lysatePPL extracts along with 13C TW lysatePPL extracts incubations in the July 2016 experiments. 12C TW DOM was extracted from TW phytoplankton cultures maintained in the same condition as described above but amended with 12C sodium bicarbonate. Microbial remineralization experiments using 12C TW lysatePPL extract with both surface and mesopelagic microbial assemblages were set up, sampled and analyzed following same protocols as described above. The relative abundance of 16S rDNA amplicons resolved across the various CsCl density fractions were compared between unamended control, 12C and 13C samples to see if a density shift of 13C incorporating taxa could be observed in 13C treatments compared to 12C or unamended control treatments (Supplementary Figure 3).



SIP Experiment Data Analysis and Statistics

During the exponential growth phase of bacterioplankton, specific growth rates were calculated as the slope of the linear portion of the ln(BA) vs. time curve (Table 2). Stationary time points were determined from BA growth curve using growthcurver package in R and defined as 2 × tmid, where tmid is the time when BA reached half carrying capacity assuming a logistic growth model (Sprouffske and Wagner, 2016). BC and DOC were interpolated at the stationary time points if sampling time point did not coincide with the model. Bacterial growth efficiency (BGE) was calculated as the ratio of the integrated area under BC curve with time to the integrated area of the DOC removal curve with time (Liu et al., 2020):


TABLE 2. Bacterial specific growth rate (μ, average ± SD), ∫ bacterial carbon (integrated and time normalized BC), ∫ DOC (integrated and time normalized DOC) and bacterial growth efficiency (BGE), BGE = ∫BCdt/∫DOCdt (Liu et al., 2020) over relevant time points.
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Significant difference (p < 0.05) of BA curve between amendment treatments and control were tested through repeated measures ANOVA using Fit Model in JMP13 Pro. Difference of BA fold change, DOC removal and TDAA C removal among amendment treatments were evaluated with ANOVA and Kruskal-Wallis test (α = 0.05).

Bacterioplankton community structure of unfractionated samples at the family level was compared among treatments and time points. To avoid skewing by only a few of the most abundant taxa, 16S rRNA gene relative abundance was standardized as a z-score by each family taxon, calculated as the observed relative abundance of one taxon in a given sample minus the mean of relative abundance of the same taxon across all treatment samples and then divided by the standard deviation of relative abundance of that taxon across all treatment samples. This sets the relative abundance of each taxon to a standardized scale for comparison. Non-metric Multidimensional Scaling (NMDS) of bacterioplankton community structure of unfractionated samples was plotted based on Bray-Curtis dissimilarity using phyloseq, vegan and ggplot2 packages in R (Oksanen et al., 2007; Wickham, 2009; McMurdie and Holmes, 2013). Clusters in the NMDS plot were identified from hierarchical clustering using Simprof analysis (α = 0.05) (Supplementary Figure 4) from clustsig package in R (Whitaker and Christman, 2015).

To compare the 13C incorporation pattern of taxa among different substrates and determine how well each taxon was labeled, mean density was calculated for each 13C-incorporating taxon identified based on above criteria in each amended treatment as follows:
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where standardized abundance (SA) equals the relative abundance (RA) of a taxon (i) in a given fraction (j) of amendment treatment (k) divided by that in the same density fraction of unamended control (k[control]). The standardized abundance in each fraction was then divided by the total standardized abundance of all fractions in that treatment as follows:
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where fSAijk is a metric of relative distribution (f) across all densities and ∑j SAijk is the total standardized abundance of all fractions of a treatment for taxon i. This sets each taxon to a common scale (0−1). The mean density of each taxon (i) in each treatment (k) is calculated as:
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where the metric of relative distribution is multiplied by the CsCl density of that fraction (djk) and summed. To correct for CsCl density difference among treatments due to slight differences in the batches of CsCl buffer used, CsCl densities of whole unfractionated samples in different batches were normalized to the average of different batches for mean density comparison between treatments. The mean density for each taxon in each treatment was plotted as a heatmap with treatments and taxa names as x and y axis and the color scale representing the mean density value. Higher mean density values indicate that a taxon is more likely to have more 13C incorporated, and within the heatmap the taxa were clustered according to their mean density in different treatments.



Field 16S rRNA Gene Sequencing and Comparison With SIP Data

To link SIP results to ambient bacterioplankton communities in the Sargasso Sea, field DNA samples were collected at the BATS site in three representative months before (January), during (April) and shortly after (June) convective mixing in 2017. 4 L of seawater at each discrete depth was filtered onto 0.2 μm Sterivex filters (polyethersulfone membrane, Millipore, Burlington, MA, United States) and stored in sucrose lysis buffer at −80°C. DNA was extracted using the phenol chloroform protocol (Giovannoni et al., 1996) and amplified with V1-V2 primer 27F (5′-AGAGTTTGATCNTGGCTCAG-3′) and 338RPL (5′-GCWGCCWCCCGTAGGWGT-3′) linked to “general” Illumina overhang adapters. Libraries were pooled in equimolar concentrations and sequenced using 2 × 250 Pair-End lanes with a MiSeq Reagent Kit v2 at the Center for Genome Research and Biocomputing (CGRB) at Oregon State University. Sequencing data were processed through the DADA2 pipeline as described above and relative abundance, assigned taxonomy, and sample metadata were compiled. Depth profiles of taxa at family level for top 300 m were compared (data are available at https://github.com/shutingliu/SIP_ms_FMICB_2020.git).



RESULTS


Chemical Characteristics of Amended Substrates and Effects of PPL Extraction

The composition of DOM from Syn lysate after PPL extraction was markedly different compared to unaltered lysate. 2D NMR analysis was used to evaluate the effects of PPL extraction on major functional groups and chemical structures of phytoplankton derived DOM. While Syn lysate has more peaks in the bottom left quadrant (60−75 ppm in 13C chemical shift) of the 13C-1H HSQC plot, Syn lysatePPL extract has more peaks in the top right quadrant (20−40 ppm in 13C chemical shift) (Figure 2), indicating different chemical characteristics between non-PPL and PPL extracts. Comparing our 2D NMR plots to a typical natural seawater high-molecular-weight (>1 kDa) DOM HSQC plot (Hertkorn et al., 2006) to infer the identity of the peaks, the bottom left quadrant in the Syn lysate plot corresponds to carbohydrate methylene and methine cross peaks and the top right quadrant in the Syn lysatePPL plot corresponds to single bond C groups such as CH2 and CH3. TDAA C accounted for 15% of the amended Syn lysate DOC, while the TDAA C contribution of the Syn lysate after PPL extraction increased to 57% (Table 1). TDAA yield in the TW lysatePPL extract (64%) was slightly higher than that in the Syn lysatePPL extract. Urea concentrations in the Syn lysate, Syn lysatePPL extract, and Syn exudatePPL extract were 3.64, 0.08, and 7.29 μmol L–1, respectively.



Changes in Bacterioplankton Abundance, DOC, and TDAA

Change in BA was significantly greater in each of the amendment treatments compared to control treatments (Figures 3A–C, repeated measures ANOVA, p < 0.05). The fold change in BA from T0 to TF was greatest in the amino acid treatment, followed by Syn lysate treatment and mesopelagic TW lysatePPL treatment (Figure 3D). Comparing BA change among the mesopelagic Syn lysate, Syn lysatePPL, and Syn exudatePPL treatments, bacterioplankton response in the lysate treatment was nearly twice of that in the PPL treatments (Figure 3C) and specific growth rate was greatest in the lysate treatment as well (Table 2).
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FIGURE 3. (A–C) Bacterioplankton abundance (BA) change with incubation time (* indicates significant difference compared to control). (D) BA fold change from T0 to the end (letters indicate significant difference).


The bulk DOC concentration measured at T0 of the surface TW lysatePPL treatment met the expected enrichment of 6.2 μM C compared to the control (Figure 4A). However, for the mesopelagic TW lysatePPL treatment the bulk DOC concentration of the T0 was much lower than the expected amended concentration (i.e., 1.7 μmol L–1 C above T0 control vs. the expected 6.2 μmol L–1 C). The TDAA C concentrations of the added TW lysatePPL were similar between the surface and mesopelagic treatment (3.98 and 3.85 μmol L–1 C, respectively, see below Figure 5) indicating we did add the same amount of TDAA-C to each treatment. It is not clear why the bulk DOC yield was lower than expected in the mesopelagic treatment or lower than what was measured as added TDAA-C, but we suspect the bulk DOC sample was not preserved properly or was compromised in storage. To estimate the T0 DOC concentration for the mesopelagic treatment we used TDAA yield from surface treatment (i.e., amended TDAA-C was 64% of added DOC) to calculate expected T0 DOC in the mesopelagic TW lysatePPL treatment (Table 1; see open symbol on Figure 4A). DOC drawdown was greatest in the three treatments that demonstrated the greatest bacterioplankton production i.e., amino acid, Syn lysate and mesopelagic TW lysatePPL treatments (Figure 4 and Table 2). However, for the Syn DOM extracted with PPL cartridge, the DOC removal was minimal (<1 μmol C L–1), and the percent removal of DOC relative to amended concentrations was largely reduced (9−24%) in contrast to 69% removal of DOC in the non-PPL extracted Syn lysate treatment. BGE in treatments with resolvable DOC change (>1 μmol L–1 C) ranged from 13 to 23% (Table 2).
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FIGURE 4. (A–C) DOC change with incubation time. DOC concentrations at T0 in the M TW lysatePPL treatment (open symbol, connected with next data point in dashed line) were calculated based on measured TDAA C concentration and assuming a TDAA C: DOC ratio of 0.64 as measured for the amended substrate in the surface treatment (see text for details). Actual measured DOC at T0 in the M TW lysatePPL treatment was in bracket as it was possibly underestimated due to sample preservation or storage problems. (D) Amended DOC removal percentage from T0 to the end (letters indicate significant difference).
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FIGURE 5. (A,B) TDAA C change in TW and Syn DOM treatments and their corresponding control treatments with incubation time. (C) Amended TDAA C removal percentage from T0 to the end (letters indicate significant difference).


A major fraction of TDAA C was removed in all phytoplankton-derived DOM treatments compared to control within 3 days, suggesting the labile fraction of amended DOM was degraded rapidly (Figure 5). While >90% of amended TDAA C was removed in the TW lysatePPL and Syn lysate treatments, a significantly lower percentage (54−65%) of amended TDAA C was remineralized in the Syn lysatePPL and Syn exudatePPL treatments.



Unfractionated Microbial Community Structure

Over the course of these experiments, copiotrophs became as the dominant members of the microbial communities. The T0 timepoint of the respective treatments represented the initial microbial community structure. 16S rRNA gene relative abundance data showed that the initial condition of the surface treatment was dominated by Cyanobacteria (25−26%), SAR11 clade (8% subclade Ib, 9−10% subclade Ia, 3−5% subclade II), Flavobacteriaceae (9%), Rhodospirillaceae (9%), and SAR86 clade (9−10%), whereas more members of the archaea marine group I (MGI) (9−22%), archaea MGII (2−6%), SAR202 clade (2−7%), and SAR324 clade (0.4−5%) comprised the initial condition of the mesopelagic treatments (Figure 6). Based on previous genomics and bioassay studies (Polz et al., 2006; Lauro et al., 2009; Buchan et al., 2014; Cárdenas et al., 2018), bacteria were pre-defined as copiotrophs or oligotrophs in our study. With incubation time, communities composed of diverse oligotrophs and archaea at T0 (accounting for an average relative abundance of 67%) all shifted to communities mostly dominated by copiotrophs at TF (accounting for an average relative abundance of 80%) in all treatments including unamended controls. Alteromonadaceae especially dominated in all treatments at TF (Figure 6, left panel), a common observation reported in other studies as possibly being due to bottle effects (Eilers et al., 2000; McCarren et al., 2010; Stewart et al., 2012; James et al., 2019). To avoid skewing of community structure by this dominant taxon, we standardized the relative abundance of each family (z-score; Figure 6, right panel). Comparing z-score of amended treatments with corresponding unamended control treatments at TF (Figure 6 and Table 3), most of the oligotrophs and archaea showed minimal or decreasing changes, except for the slight increase observed for members of the families Hyphomonadaceae and Alphaproteobacteria OCS116 clade in TW and/or Syn treatments compared to control. The greatest increase in z-scores was observed in copiotrophs (Table 3). The TF community structure was dominated by 53% Vibronaceae, 18% Rhodobacteraceae, and 11% Oceanospirillaceae in the amino acid treatment, and Rhodobacteraceae, Oceanospirillaceae, Rhodospirillaceae increased to 5%, 7%, and 6%, respectively in the Syn lysate treatment compared to unamended control. In contrast, more Erythrobacteraceae increased in the TW lysatePPL treatment and more Flavobacteriaceae and Pseudoalteromonadaceae grew in the SynPPL treatments at TF.
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FIGURE 6. Left panel shows ranges of raw relative abundance data of each corresponding family taxon in the right panel. Right panel is a heatmap of z-score of major bacterioplankton family taxa (>0.5%) in every treatment at time point T0 and TF (2–4 days, see Table 1) of unfractionated samples. Z-score (standardized relative abundance by family taxa) was calculated as relative abundance of one taxon in the sample minus mean of relative abundance of the same taxon across all treatment samples and then divided by the standard deviation of relative abundance of that taxon across all treatment samples. This sets relative abundance of each taxon to a normalized scale to avoid skewing by only a few most abundant taxa like Alteromonadaceae. Higher z-score for each family taxon means relatively higher proportion of that taxon in the sample among all treatments.



TABLE 3. The z-score change of taxa (taxa with z-score change above ±1 standard deviation in any treatment were presented here, i.e., z-score change >1 or <−1) between DOM amendment treatment and control treatment at TF (2−4 days, see Table 1) in the unfractionated samples.
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To evaluate the response of other taxa, Alteromonadaceae lineage identified as non-13C-incorporating taxon (more discussion below) were excluded for NMDS and clustering analysis as the dominance of Alteromonadaceae in all TF samples reduced proportions of all other taxa as shown in Figure 6. Microbial community structure of whole unfractionated samples formed distinct clusters on the NMDS plot (Figure 7 and Supplementary Figure 4). Surface communities (cluster 1) were separated from mesopelagic communities on the NMDS1 axis, and incubation and treatment effects were separated on the NMDS2 axis (Figure 7). While bacterioplankton community observed at TF in the amino acid and Syn lysate treatment (cluster 2 and 3, respectively) separated furthest from all other mesopelagic samples, corresponding PPL DOM amendments demonstrated TF community structure that was grouped with unamended control samples (Figure 7, cluster 4 and 5), illustrating a smaller change in community structure in response to PPL-extracted DOM.
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FIGURE 7. Non-metric Multidimensional Scaling plot of bacterioplankton community structure of unfractionated samples at T0 and TF (final DNA harvesting time point) based on Bray-Curtis distance (Alteromonadaceae were excluded to avoid bias by its dominance at TF samples). Five clusters were grouped based on hierarchical clustering analysis and simprof analysis (α = 0.05) at threshold of 70% dissimilarity (identified as in Supplementary Figure 4).




Identifying Microbial Taxa Incorporating 13C

One of the challenges with DNA-SIP is designing an approach that clearly identifies taxa that incorporated 13C from those taxa that do not. Ideally, taxa that incorporate 13C increase their DNA’s density and can thereby be separated into distinct bands along a CsCl density gradient from those organisms that do not incorporate the “heavy” label. However, when studying a mixed population of bacterioplankton, both the variable GC content of the organisms’ DNA and the maintenance of unlabeled cells in initially abundant populations can lead to smearing of DNA along a CsCl gradient (Nelson and Carlson, 2012). For DNA-SIP, comparing the relative abundance profiles of specific taxon along a CsCl density gradient grown on 13C DOM to that in the corresponding 12C DOM incubations is a direct way to identify taxa with clear density shift resulting from 13C-incorporation (Figure 8, complete comparison for all labeled taxa in that experiment shown in Supplementary Figure 3).
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FIGURE 8. Method validation of identifying 13C-incorporating family taxa. Relative abundance vs. CsCl density and unamended control normalized and log2 transformed relative abundance vs. CsCl density plots for examples of well-labeled, partially labeled and unlabeled taxa among 13C-TW lysatePPL, 12C-TW lysatePPL, and unamended control treatments. Red lines and arrows indicated shift to heavier density in the 13C treatment compared to the 12C and unamended control treatments. Since lightest and heaviest fractions are mixed with water or CsCl, DNA quantities were low and densities deviated from normal range (as shown in left panel x break axis), thus these two fractions were excluded in following analyses.


Distinctive patterns based on labeling efficiency emerge from the comparisons of labeled treatments versus unlabeled controls. For well-labeled taxa, such as Rhodobacteraceae, Hyphomonadaceae, Erythrobacteraceae, and Bdellovibrionaceae in the TW lysatePPL treatments, their relative abundance maxima demonstrated a clear shift to heavier density by 0.020−0.031 g mL–1. For taxa, such as SAR11 II and Acidimicrobiales OM1 clade, whose 12C profiles revealed relative abundance profiles high in the light fractions and uniformly distributed across several other density fractions or enriched at certain medium density fractions, the 13C profiles shifted to ones that were “V” shaped across density fractions i.e., enriched in both the light and heavy densities with a dip at the medium density fractions. For unlabeled taxa, relative abundance was highest in light fractions and then decreased with increasing densities. The relative abundance patterns of corresponding taxa were similar between the unamended control and the 12C treatment and were well separated from the taxa/density profile of 13C-incorporating organisms. Therefore, while logistical constraints limited the number of simultaneous 12C incubations, we were able to use the taxa/density profiles of the unamended controls as a valid approach for differentiating microbial taxa incorporating 13C from those with natural GC content variation. For instance, Alteromonadaceae is an example of a false positive in the taxa/density profile that was corrected after normalization to unamended control (Supplementary Figure 5). Although Alteromonadaceae was the most abundant taxon after incubation in many of the treatments and its DNA often smeared to multiple density fractions, it did not show enrichment pattern in the heavy density fractions after normalizing its relative abundance in the 13C treatment by that of the unamended control (Supplementary Figure 5). Thus, we excluded Alteromonadaceae as 13C-incorporating taxon in our study, consistent with the observation that this family increased relative abundance in the control treatments without DOM amendment. A complete dataset in every treatment for identification of 13C-incorporating taxa using taxa/density profiles before and after normalization to unamended control is shown in Supplementary Figures 1, 2.

Although the overall unfractionated microbial community structure revealed enrichment of copiotrophs with minimal changes of oligotrophs and archaea in the amendment treatments (Figure 6), the more sensitive DNA-SIP approach clearly identified the response of some oligotrophs and archaea to amended 13C DOM substrates (Table 4). The simple compound mixture of 13C amino acids were largely incorporated by a variety of copiotrophic bacterioplankton, including Vibrionaceae, Oleiphilaceae, Pseudoalteromonadaceae, Rhodobacteracea, and Eryththrobacteraceae. However, the 13C culture lysate and exudate composed of a complex mixture of compounds were incorporated by both copiotrophs and oligotrophs. The responding oligotrophs included taxa such as members of the SAR86, Salinisphaerales, Rickettsiales, SAR11, SAR202, Acidimicrobiales, and Anaerolineaceae clades. Of the subset of taxa presented in Table 4, only oligotrophs were detected as 13C incorporators in treatments where the Syn lysate or exudate was further treated by extraction with PPL cartridges, whereas both copiotrophs and oligotrophs incorporated 13C untreated Syn lysate. Marine benthic group A archaea, which are chemolithoautotrophs, also became labeled in the Syn exudatePPL treatment.


TABLE 4. Taxa at the family level incorporating 13C (x) in amended treatments.
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Mean Density

After identifying taxa that incorporated 13C-compounds, the mean density (a metric of how well the population is labeled) of each 13C-incorporating taxon was calculated across all treatments resulting in three clusters of microbial taxa. Cluster 1 represents a group with low incorporation of Syn DOM; cluster 2 represents a group with relatively high incorporation of DOM derived from TW and/or amino acid; cluster 3 represents a group with relatively high incorporation of DOM derived from Syn (Figure 9). The heatmap in Figure 9 indicated that greater mean densities were resolved for cluster 3 compared to cluster 1 indicating that taxa in cluster 3 were capable incorporating more 13C Syn-derived DOM and thus had more labeled cells in the respective treatments. Cluster 2 was dominated by copiotrophs, cluster 1 was a mixture of oligotrophs and archaea, and cluster 3 was exclusively comprised of oligotrophs. Comparing each taxon across rows reveals whether a microbial taxon had the capability of incorporating multiple substrates (i.e., generalists). For instance, some organisms in cluster 2 were able to incorporate not only amino acids, but also TW-derived DOM, suggesting they are generalists; whereas most organisms in cluster 1 and cluster 3 seem to be specialized in utilizing Syn DOM.
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FIGURE 9. Mean CsCl density where each bacterioplankton taxon in Table 4 was resolved at TF among treatments. The shading on the taxa represents the following: orange-shaded, copiotroph; blue-shaded, oligotroph; purple-shaded, archaea. Warm colors represent the mean CsCl density associated with taxon that likely incorporated more 13C in that treatment.




Field Bacterioplankton Communities in the Sargasso Sea

To examine if the oligotrophs showing 13C incorporation in our SIP study were also present in the natural oligotrophic seawater of Sargasso Sea, the relative abundance of oligotrophs in ambient seawater at BATS was compared between 3 months coinciding with the time before, during, and shortly after deep convective mixing (Figure 10). Some representative family taxa showed growth in the mesopelagic zone during or shortly after winter convective mixing, which exported semi-labile and semi-refractory DOM, including springtime accumulated phytoplankton-derived DOM, from surface to mesopelagic. Members of SAR11 deep clade, SAR202, SAR86, Acidimicrobiales OM1, Acidimicrobiales Sva0996, and Salinisphaeraceae, which showed a response to convective mixing, were also found to incorporate phytoplankton PPL DOM in the SIP results (Table 4), suggesting a potential link between microbial taxa responding in SIP incubations with PPL-altered DOM and the in situ response of those oligotrophs in natural seawater of Sargasso Sea.
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FIGURE 10. Relative abundance at family level of members in panels (A) SAR11 clade, (B) SAR202 clade, (C) SAR86 clade, (D) Acidimicrobiales OM1 clade, (E) Salinisphaeraceae, and (F) Acidimicrobiales Sva0996 clade in top 300 m at BATS station in the Sargasso Sea before (January), during (April), and shortly after (June) convective mixing event in 2017.




DISCUSSION


Change of DOM Quality via PPL

The limited bacterioplankton production and DOC removal observed in the Syn lysate PPL compared to the unaltered Syn lysate treatments (Figures 3, 4) indicates that PPL extraction removed a large fraction of the most bioavailable compounds but appeared to retain a more recalcitrant fraction of DOM. The PPL resin, a functionalized styrene-divinylbenzene, extracts a wide range of molecules ranging from highly polar to non-polar and relatively enriches low-molecular weight compounds and carboxyl-rich alicyclic molecules (CRAM) that are a major fraction of refractory DOM (Hertkorn et al., 2006; Dittmar et al., 2008; Bayer et al., 2019). Fluorescence and freshness indices based on optical properties decreased in PPL-extracted DOM (Wünsch et al., 2018) also suggest PPL enriches recalcitrant DOM. Consistent with the present study, Hansen et al. (2019) showed that PPL-extracted DOM from hydrothermal vents was resistant to microbial degradation compared to bulk DOM from the same site.

The extraction efficiency of PPL on phytoplankton-derived DOM observed in the present study (8−15%) was lower than that reported for bulk marine DOM (43−65%) (Dittmar et al., 2008). Since compounds vary in their retention on PPL cartridges from 0 to 100% (Johnson et al., 2017), the lower extraction efficiencies we observed could be attributed to organic composition matrix effects. For example, carbohydrates tend to have low retention efficiencies on PPL cartridges (Swenson et al., 2014; Raeke et al., 2016). PPL adsorption and extraction rely on reverse phase chemistry that mostly favors non-polar compounds. The low pH (pH ∼3) necessary to charge the PPL cartridges can protonate proteins and peptides (pKa 4-10) and thus reduce the extraction efficiency of proteins and peptides (Stücheli et al., 2018). Carbohydrates and proteins account for 5−50% and 25−50% of marine phytoplankton biota, respectively (Emerson and Hedges, 2008). The wide variety of chemical mechanisms that can result in DOM loss during PPL extraction suggests that low efficiency of DOM recovery from phytoplankton lysates is the result of some DOM compounds passing through the PPL cartridges. Consistent with previous studies, PPL extraction efficiencies for DOM derived from phytoplankton cultures are typically lower, ranging from 2% to 50%, and culture DOM is usually more saturated, less oxygenated, and contains more heteroatoms in comparison to seawater DOM (Lechtenfeld et al., 2015; Wienhausen et al., 2017).

Among the substrates used in this study, amino acids represented model labile compounds while phytoplankton-derived DOM represented a complex combination of compounds classes such as carbohydrates, proteins, and lipids (Grossart et al., 2006). For example, polysaccharide laminarin was found to contribute to 26 ± 17% of microalgae-derived POC and diatoms drove laminarin production during spring blooms (Becker et al., 2020). Cyanobacteria possess polyphosphate as a common phosphorus storage compound, cyanophycin as a nitrogen storage product, and glycogen as a storage compound of both carbon and energy (Kromkamp, 1987; Martin et al., 2014). Cyanobacteria have also been widely used as a resource for biofuel lipid production (Farrokh et al., 2019). The greater change of BA in the amino acid treatment compared to others (Figure 3) is consistent with the explanation that simple amino acids may fuel anabolism of bacterioplankton biomass compared to substrates like complex carbohydrate and lipid components that might be more catabolized as an energy source. However, these chemical characteristics of phytoplankton DOM substrates were altered by PPL extraction. The NMR 2D HSQC plot (Figure 2) reveals that Syn lysate was enriched in carbohydrate methylene and methine cross peaks in the bottom left quadrant of plot, while Syn lysate extracted by the PPL cartridge was enriched in methyl, methylene and methine cross peaks (Hertkorn et al., 2006). These patterns in functional groups suggest an inefficient retention of labile carbohydrate or carbohydrate-like DOM by PPL extraction while retaining aliphatics more efficiently because of their hydrophobic properties. Perminova et al. (2014) demonstrated PPL extraction of Arctic DOM contained high percentage (35−43%) of aliphatic alkane protons. The single bond resonance retained on the PPL extract is consistent with the enriched methyl proton resonance of intact and oxidized carotenoids that are widespread in phytoplankton and likely to be the precursors of refractory DOM in the seawater (Repeta and Gagosian, 1982; Arakawa et al., 2017). It is intriguing that TDAA yield was greater in PPL extracts compared to unaltered phytoplankton DOM (Table 1). Consistent with the studies above, the NMR analyses in the present study indicated that carbohydrates were not well retained on PPL (Figure 2), as such the lower retention of carbohydrates on PPL relative to that of amino acids or amino acid polymers led to an enriched TDAA percentage in the PPL extracts. We hypothesize that enriched TDAA in PPL extracts were more likely to be hydrolyzable amino acids that are less bioavailable, such as amino acids bound to humic substances or D-amino acids from cell-wall biopolymers, rather than labile amino acids from proteins or peptides (Repeta, 2015). Evidence in support of this hypothesis includes: (1) the mismatch between the low extraction efficiency (8−15%) of phytoplankton-derived DOM through PPL and typical 25−50% of phytoplankton biomass as proteins suggested proteins were not well retained on PPL; (2) the percent of TDAA removed in the Syn PPL extracts was lower compared to unaltered Syn DOM during the short incubation (Figure 5), indicating TDAA in Syn PPL extracts were less labile. Overall, our bioassay experiment and NMR analysis showed that PPL pretreatment on DOM served as an approach to yield DOM of differing quality, however, further studies on the actual effect of PPL on phytoplankton-derived DOM compounds or molecular specific alterations through techniques like ultrahigh resolution mass spectrometry are needed.



DOM Quality Shapes Microbial Community Structure

16S rRNA gene relative abundance after standardization (z-score) and NMDS plot revealed that PPL extracted substrates shaped copiotrophs in microbial community structure distinctly from the amino acid and Syn lysate where no PPL pretreatment was performed (Figures 6, 7). Copiotrophs such as Vibrionaceae, Rhodobacteraceae (of which Roseobacter clade belongs to), and Oceanospirillaceae, that typically grow well in the presence of labile DOM (Eilers et al., 2000; Romera-Castillo et al., 2011; Landa et al., 2016; Goldberg et al., 2017) were the dominant responding lineages in the amino acid and Syn lysate treatments of the present study. In contrast, Flavobacteriaceae, Pseudoalteromonadaceae, and Erythrobacteraceae showed the greatest change in relative abundance in the PPL-altered DOM (TWPPL or SynPPL) treatments compared to unamended control treatments. Members of Flavobacteria are adapted to use HMW compounds and Pseudoalteromonas and Erythrobacter are capable of producing extracellular enzymes to hydrolyze polymers (Cottrell and Kirchman, 2000; Teeling et al., 2012; Cárdenas et al., 2018; Zhang et al., 2018), suggesting they may be involved in breaking down complex molecular structures in the PPL DOM treatments.

Microbial community structure based on the relative abundance of 16S rDNA amplicons is effective for measuring changes caused by cell growth. However, relative abundance analyses can overrepresent some copiotrophs because their ability to rapidly upshift growth rates and the fact that some have multiple 16S rRNA gene copies per cell that obfuscate the slow-growing oligotrophs (López-Pérez et al., 2012; Větrovský and Baldrian, 2013). Because relative contribution of a taxon is not necessarily correlated to absolute change in biomass, one can observe a decrease in the relative abundance of a slow-growing taxon if fast-growing taxa or taxa with multiple gene copies per cell outpace production of the oligotroph. In the present study, we used relatively short incubations (2−4 days) to limit “cross-feeding” effects, i.e., the incorporation of labeled secondary metabolites excreted by other organisms, which limited the ability to resolve slow-growing taxa in an analysis of total unfractionated community structure. As expected, minimal or negative changes of oligotroph relative abundances between amended and unamended treatments at TF were observed (Figure 6 and Table 3) and this is precisely why the sensitive DNA-SIP approach was used to resolve which taxa were incorporating 13C labeled compound into their biomass. When directly tracking the 13C incorporation into biomass through DNA-SIP, more changes in slow-growing oligotrophs could be sensitively resolved compared to relying on shifts in amplicon abundance (community structure) in an unfractionated DNA sample. This allowed us to identify specific microbial lineages capable of responding to DOM sources of varying quality (see discussion below).



Factors to Consider When Identifying SIP 13C Labeling Patterns

Both 13C well-labeled and partially labeled microbial taxa were identified as 13C-incorporting microbes (Figure 8 and Supplementary Figures 1, 2). When the relative abundance of one taxon increases with CsCl density and is primarily enriched in heavy fractions, it is clearly well-labeled with heavy isotope in the biomass. Partially labeled patterns, on the other hand, can be due to the high abundance of certain microbial taxa at the beginning of incubation and/or slow-growth of a taxon resulting in only a portion of that taxon’s population becoming labeled over the course of the incubation (Nelson and Carlson, 2012). For example, SAR11, which comprises a major fraction of the ambient community (20−30%) in oligotrophic seawater, exhibits a V-shape relative abundance vs. density profile (Figure 8). The short incubation time is not long enough to replace all 12C DNA component of the SAR11 population with 13C in the slow-growing population (Nelson and Carlson, 2012), resulting in the bimodal distribution of DNA across density fractions.

Most SIP studies amended with model compounds use a 12C treatment to compare with the 13C amendment for identifying 13C incorporators. In our validation test, the density shift between our 13C treatments and 12C treatments (0.020−0.031 g mL–1) was larger than 0.01 g mL–1 (Figure 8 and Supplementary Figure 3), equating to ∼ 28% of 13C incorporation which is more than the minimum percentage (20%) typically required for separating 13C and unlabeled organisms (Uhlik et al., 2009). Logistically, it is not feasible to maintain the same growth rate of different batches of phytoplankton cultures and harvest the phytoplankton-derived DOM of the exact same quality; thus, we could not include a 12C DOM amendment for every experimental treatment. However, the similarity of bacterioplankton taxa/density profiles across density fractions observed between the 12C DOM treatment and unamended control treatment validates our approach of using unamended control to correct for false positive signals when assessing the relative abundance patterns of taxa across density fractions (Figure 8 and Supplementary Figures 3, 5).



DOM Quality Determined Different 13C-Incorporating Microbial Taxa

13C-incorporating microbes were identified via DNA-SIP fractionation method. While amino acids were incorporated mostly by copiotrophs, PPL DOM substrates enriched for a variety of oligotrophs (Figure 9 and Table 4). Extensive studies have shown the correlation between DOM with varying reactivity and distinct microbial community structures (Covert and Moran, 2001; Nelson et al., 2013; Landa et al., 2016; Guerrero-Feijoo et al., 2017; Quigley et al., 2019), implying that DOM quality is an important bottom-up driver of the responding microbial community structure and resource partitioning among different microbial groups. This DNA-SIP study directly linked different sources and pretreatments of amended DOM with specific microbial taxa capable of incorporating the labeled DOM. Not surprisingly, the present study demonstrates that PPL treatment of DOM derived from different phytoplankton sources yielded DOM of differing quality and bioavailability. Thus, the resulting bacterioplankton capable of incorporating the 13C labeled compounds differed between phytoplankton-derived DOM sources. TW lysatePPL extracts were more bioavailable (Figure 4D) and demonstrated a greater number of copiotrophs capable of incorporating TW lysatePPL than Syn lysatePPL extracts. Differences between diatom- (Phaeodactylum) and cyanobacteria- (Synechococcus) derived DOM have also been revealed in a previous study (Landa et al., 2014), showing that diatom DOM contained a greater percentage of labile amino acids and neutral sugars in the total DOC than cyanobacteria DOM. Higher TDAA yield and percent removal in the TW lysatePPL compared to Syn lysatePPL treatment (Figure 5 and Table 1) supports the notion of varying DOM quality originating from differing phytoplankton sources.

The present study demonstrated the dominant role of various copiotrophs capable of incorporating 13C labeled components of labile amino acids and Syn lysate (Table 4). These results are consistent with previous incubation studies that show copiotrophs (i.e., Rhodobacteraceae, and Vibrionaceae) respond to or incorporate amended labile phytoplankton-derived DOM and amino acid mixtures (Cottrell and Kirchman, 2000; Eilers et al., 2000; Pinhassi and Berman, 2003; Morris et al., 2006; Mayali et al., 2012; Dadaglio et al., 2019). The importance of members of the Alphaproteobacteria and Gammaproteobacteria copiotrophs in incorporating labile DOM is supported by transcriptomic and proteomic studies demonstrating high abundance of amino acid, peptide, and carbohydrate transporters expressed by those bacterioplankton in the water column, which can account for ∼30−85% of total protein expression from euphotic to bathypelagic zones (Poretsky et al., 2010; Bergauer et al., 2018). Members of Alphaproteobacteria and Gammaproteobacteria possess polyphosphate kinases or genes encoding polyphosphate kinase and cyanophytinases (Tang et al., 2012; Achbergerová and Nahálka, 2014; Jones et al., 2016), and Pseudoalteromonas displayed beta-glucanase activity (Nakatani et al., 2010), which might facilitate their utilization of phytoplankton lysate. It is noted that a few copiotrophs like Flavobacteriaceae and Alteromonadaceae showed growth in the unfractionated community structure (Figure 6) but were not identified as 13C incorporators in the PPL DOM treatments (Table 4). As our PPL-altered DOM substrates were not 100% 13C labeled, it is possible that a few taxa responded to the unlabeled components in the PPL extracts or unlabeled secondary metabolites generated during incubations.

Many of the oligotrophs that did not account for a high relative abundance in the unfractionated samples, presumably due to their limited growth rate, were identified as 13C incorporators in our PPL DOM and Syn lysate treatments after fractionation of DNA across CsCl density gradient. This discrepancy between the analyses of unfractionated community structure and DNA-SIP identified DOM incorporators highlights the advantage of using the sensitive SIP technique to identify response of oligotrophs to varying DOM sources and quality. Syn lysate is a mixture of abundant labile and less abundant recalcitrant DOM (Zheng et al., 2019a), therefore 13C incorporation by both copiotrophs and oligotrophs was possible. For example, members of the Acidobacteria clade, a responding lineage to the Syn lysate treatment has been shown to take up cellulose, a byproduct of cyanobacteria production (Nobles et al., 2001; Eichorst and Kuske, 2012; Zhao et al., 2015). Members of the SAR86 clade were positively labeled with 13C in all three Syn DOM treatments (Table 4). Members of the SAR86 clade demonstrate enhanced abilities to break down lipids and carbohydrates via copious tonB-dependent receptors (Dupont et al., 2012; Berg et al., 2018), indicating that specialization in targeting distinct DOM quality. SAR86’s carbon assimilation pathways may facilitate its members to exploit DOM resources less accessible to other microbes. Hyphomonadaceae often persist in the oligotrophic ocean and are capable of assimilating carbon sources like sugar and organic acids (Abraham et al., 2013; Bayer et al., 2019). Our study showed their potential role in utilizing PPL-altered diatom-derived DOM. Members of the SAR11 subgroup II and SAR202 clades are enriched in the mesopelagic and often bloom shortly after deep convective mixing in the Sargasso Sea (Morris et al., 2005; Carlson et al., 2009; Treusch et al., 2009), suggesting they might utilize components of surface DOM that resists or escapes microbial degradation but is consumed after export from surface to the mesopelagic. Our data showed that SAR11 II and SAR202 clade 1, clade 2, and clade 3 incorporated phytoplankton-derived and PPL-altered DOM. These results are consistent with studies that used single-amplified genomes of SAR202 subgroup 3 to show that they can encode multiple families of oxidative enzymes involved in oxidation of recalcitrant DOM (Landry et al., 2017). Acidimicrobiales that were incorporators of TW PPL-DOM in our study previously were shown to be capable of utilizing complex carbon sources (Wang et al., 2019). Bdellovibrionaceae are predatory bacteria; their incorporation of 13C DOM may be attributed to cross-feeding on prey that have already incorporated DOM (Morris et al., 2002; Orsi et al., 2016), but verifying this will require further investigation. Our results also showed that several rare taxa, including members of Salinisphaerales, Rickettsiales, and Anaerolineaceae, were capable of taking up phytoplankton-derived DOM. Members of these taxonomic groups are found in various marine environments, but their DOM utilization strategies have not been investigated in detail (Hayajawa, 2012; Teske et al., 2013; Angly et al., 2016). This study implies that these rare taxa might also contribute to the microbial processing or transformation of dissolved compounds. It was surprising to find that some taxa that are typically considered to be chemoautotrophs, such as the SAR324 clade, Nitrospinaceae, and members of Thaumarchaeota i.e., archaea marine benthic group A, showed 13C-DOM incorporation in this study. While we cannot rule out the possibility of “cross feeding,” several studies have reported flexible and opportunistic metabolic lifestyle of these chemoautotrophs: SAR324 contained genes for C1 metabolism (Swan et al., 2011); a genomic study revealed genes for complete oxidation of sulfur-containing organic carbon substrates in Nitrospinaceae (Friedrich, 2002); archaea have been shown to be capable of oxidizing urea, polyamine and lignin in microbial remineralization experiments, or taking up 13C or 15N labeled urea or 3H leucine in SIP and FISH studies (Baltar et al., 2010; Connelly et al., 2014; Orsi et al., 2016; Damashek et al., 2019; McDonald et al., 2019; Seyler et al., 2019), although other studies showed that Thaumarchaeota did not assimilate organic carbon (Dekas et al., 2019). Urea concentrations in our Syn exudatePPL extract were indeed more than two-fold greater than concentrations measured in the Syn lysate and Syn lysatePPL extract and might explain the enriched 13C signal resolved in the archaeal biomass only in Syn exudatePPL treatment.

Many oligotrophs that incorporated PPL-altered DOM such as members of the SAR11 deep clade, SAR202, SAR86, Salinisphaeraceae, and Acidimicrobiales clades, were also found to become enriched in the mesopelagic zone during or shortly after annual convective mixing at BATS site in the Sargasso Sea (Figure 10). Our field observations relied on 16S rRNA gene sequence amplification using the V1V2 primers instead of V4 primers as they were part of an extended historical time series data set collected at BATS since the 1990’s that has used this primer set. As such we cannot rule out slight bias between the two primer sets (Parada et al., 2016); however, overall community and ecological dynamics determined from V1V2 and V4 primer sets have been shown to be consistent and robust (Wear et al., 2018). In a direct comparison of a vertical profile collected at BATS amplified with V1V2 and V4 primers (excluding Archaea sequences from V4 primer data as V1V2 primer targets only bacteria) (Klindworth et al., 2013), the relative abundance of SAR11 clade or Salinisphaeraceae was underestimated using V4 primer; however, the relative distribution patterns among those taxa across the water column was consistent despite varying primer sets (Supplementary Figure 6). The relative abundance change of specific groups of field time series (V1V2) were compared with experimental data (V4) at the broad family level (Figure 10), and were interpreted as robust comparisons. Oligotrophs dominate the bacterioplankton community in the Sargasso Sea, accounting for over 60−90% of the whole community, whereas copiotrophs are rare members of the free living bacterioplankton community that bloom in response to episodic disturbances (Morris et al., 2005; Treusch et al., 2009; Vergin et al., 2013b). In the Sargasso Sea, phytoplankton blooms in the late winter/early spring result in net DOM accumulation. The DOM that accumulates during the stratified periods from late spring-autumn period resists rapid microbial degradation in the surface (semi-labile, semi-refractory DOM) (Carlson et al., 2002, 2004), and a portion of that seasonally produced DOC is redistributed and mixed into the mesopelagic during winter convective mixing (Carlson et al., 1994; Hansell and Carlson, 2001). The surface-derived DOM that is exported to the mesopelagic zone appears to stimulate a response of mesopelagic oligotrophs i.e., SAR11 II, SAR202 as well as others (Carlson et al., 2009; Treusch et al., 2009). Our SIP study establishes a connection between experimental and environmental observation data, corroborating the important role of some oligotrophs in utilization of transformed/recalcitrant DOM in the Sargasso Sea.

The percentage of 13C-labeling varied among different incorporator microbes, leading to differences in mean densities between taxa and treatments (Figure 9). This heterogeneity reflects different microbial activities during incubation. DNA-SIP labeling only occurs when a microbial taxon incorporates the substrate into its DNA at a rate that is sufficiently rapid to increase cell density to above detection limits within the incubation time period. Higher mean density of a microbial taxon indicates that it is likely more active in incorporating a certain substrate, and different metabolic activities among taxa can be attributed to various factors like microbial life history and environmental conditions (Morando and Capone, 2016). For example, for the same TW lysatePPL substrate, incorporators differed between the surface and mesopelagic environments, suggesting that DOM uptake might be dependent on initial conditions such as the availability of inorganic macro- or micro- nutrients, DOM quality and quantity, and the resident microbial assemblages that differ between the surface and mesopelagic zones. Clusters of microbial groups across substrates (rows) in the heat map (Figure 9) could be explained not only by different metabolic activities, but also distinct ecological strategies for substrate utilization among bacterioplankton. While generalists can use a variety of organic substrates, specialists target specific or a limited range of substrates (Moran et al., 2003; Alonso and Pernthaler, 2006; Mou et al., 2008). Bacterioplankton incorporating TW DOM and amino acids are consistent with a generalist strategy because they appear to incorporate multiple DOM sources from model compounds to TW-derived DOM. However, bacterioplankton that incorporated Syn-derived DOM appeared to be more specialized, showing exclusivity to this source of DOM (Figure 9 and Table 4). Whether bacteria are generalists or specialists is not often constrained to phylogeny alone. For example, Mayali et al. (2015) demonstrated that operational taxonomic unit (OTU) members of Oceanospirillales, Alteromonadales, and Flavobacteriales were generalists in terms of assimilating various organic matter including protein, lipid and polysaccharide while other OTUs belonging to the same orders were considered specialists and not capable of taking up all tested organic substrates. We observed both generalists and specialists in the Alphaproteobacteria or Gammaproteobacteria class (Figure 9), indicating intra-clade functional heterogeneity. To get better insight of the different strategies within a bacterioplankton family, a genomic perspective should be considered to confirm the functional potential at the ecotype or species level.



CONCLUSION AND IMPLICATIONS

The present study identified a wide diversity of copiotrophs and oligotrophs capable of incorporating phytoplankton-derived DOM in the Sargasso Sea. This is the first prototype study demonstrating that solid phase extraction techniques such as that with PPL cartridges can alter DOM quality and therefore influence types of microbial taxa that can respond to and incorporate such DOM. Oligotrophs were dominant incorporators of PPL-altered DOM, in contrast to copiotrophs that dominated the response and incorporation of labile model DOM compounds. These results suggest that DOM extraction on PPL cartridges retained relatively more recalcitrant DOM. Linking DOM varying quality (bioavailability) with distinct bacterioplankton taxa incorporators implies different ecological strategies and niche partitioning among bacterioplankton. The SPE combined with DNA-SIP approach in this study can be readily applied to study bacterioplankton utilization of a diversity of DOM substrates with varying quality and origin in the future.

Our study may help to identify which phytoplankton derived DOM sources and which pretreatments (i.e., PPL extraction) might enrich for targeted oligotrophs in extinction culturing approaches used to isolate bacterioplankton (Connon and Giovannoni, 2002; Giovannoni and Stingl, 2007; Overmann et al., 2017). Cultivation approaches that utilize marine broth media with high concentration organic matter and nutrients (ZoBell, 1941) are often overwhelmed with copiotrophs. Bioavailable organic matter in natural open ocean seawater, where oligotrophs are more prevalent, is at least two orders of magnitude lower than common marine broth media. With the development of extinction cultivation approaches that utilize low-nutrient media, more oligotrophs have been cultivated (Connon and Giovannoni, 2002; Rappe et al., 2002; Giovannoni and Stingl, 2007; Overmann et al., 2017). The SPE-DOM triggered response of a diverse group of oligotrophs reported here indicates that the addition of SPE-DOM in a similar experimental design may be useful to enriching targeted oligotrophs prior to initiating extinction cultivation techniques. Also, the addition of PPL-altered DOM may be a potential organic source in culture media to facilitate selection of oligotrophs in extinction cultivation approaches when culturing time is extended beyond the generation time of these slow-growers.
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A large part of marine dissolved organic matter (DOM) is considered to be recalcitrant DOM (RDOM) produced by marine bacteria. However, it is still unclear whether differences in bacterial species and/or physiology control the efficiency of RDOM production. Here, batch culture experiments with glucose as the sole carbon source were carried out using three model marine bacterial strains, namely, Alteromonas macleodii (Alt), Vibrio splendidus (Vib), and Phaeobacter gallaeciensis (Pha). Dissolved organic carbon (DOC) concentrations drastically decreased during the exponential growth phases of these bacteria due to the consumption of glucose. The efficiency of bacterial DOC production at the end of incubation was largely different among the strains and was higher for Vib (20%) than for the other two strains (Alt, 4%; Pha, 6%). All strains produced fluorescent DOM (FDOM), including humic-like FDOM which is considered as recalcitrant component in the ocean, even though the composition of bacterial FDOM was also different among the strains. The efficiency of humic-like FDOM production during the exponential growth phase was different among the bacterial strains; that is, Pha produced humic-like FDOM efficiently compared with the other two species. The efficiency of humic-like FDOM production with mineralization of organic matter was lower during the exponential growth phase than during the stationary phase of Alt and Pha. Four processes for the production of bacterially derived recalcitrant humic-like FDOM are suggested from this study: (1) production during active growing (in all strains), (2) production with the reutilization of bacterial DOM (Alt), (3) production with the consumption of cellular materials (Pha), and (4) release from lysis (Vib). Our results suggest that bacterial species and physiology can regulate RDOM production and accumulation in the ocean.

Keywords: microbial carbon pump, DOC, fluorescent DOM, Alteromonas macleodii, Vibrio splendidus, Phaeobacter gallaeciensis


INTRODUCTION

As a constituent of the reduced carbon pool, dissolved organic matter (DOM) in the ocean plays an important role in the global carbon cycle and is comparable in quantity to the atmospheric CO2 pool (Hedges, 1992; Hansell and Carlson, 1998; Hansell et al., 2009). The average radiocarbon age of bulk dissolved organic carbon (DOC) in the ocean has been estimated to be approximately 2,000–6,000 years (Bauer et al., 1992; Druffel et al., 1992; Beaupré, 2015). A physical/biogeochemical model of the global distribution of DOC in the ocean determined that the recalcitrant fraction, the lifetime of which is estimated to be approximately 15,000 years, contributes more than 90% of the bulk DOC (Hansell et al., 2009). Despite the importance of marine recalcitrant DOM (RDOM), as a slow cycling component in the global carbon cycle, the production mechanisms and/or sources of RDOM have not been well documented.

Cell wall polymers of marine microbes have been considered one of the major components of RDOM (Tanoue et al., 1995; McCarthy et al., 1998; Benner and Kaiser, 2003; Wakeham et al., 2003). Recently, it has also been suggested that degraded products of pigments (carotenoids and phycobilins) can become biogenic RDOM in the ocean (Arakawa et al., 2017; Zhao et al., 2017). The microbial production of DOM, which is resistant to microbial degradation, from labile substrates (e.g., glucose and glutamate) has been observed by in vitro incubation for between 20 days and 2 years with microbial communities from seawater (Brophy and Carlson, 1989; Ogawa et al., 2001; Kramer and Herndl, 2004; Kawasaki and Benner, 2006; Lønborg et al., 2009; Shimotori et al., 2009; Koch et al., 2014). The chemical composition, i.e., the C/N ratio, composition of amino acids and amino sugars, proportion of uncharacterized DOM fraction (Ogawa et al., 2001), fluorescent characteristics (Shimotori et al., 2009), and molecular pattern (determined by ultra-high-resolution mass spectrometry) (Koch et al., 2014; Lechtenfeld et al., 2015) of the microbially produced DOM was similar to that of the RDOM that occurs in marine environments, although it has also been reported that molecular composition of most microbial DOM is distinct from that of marine RDOM (Osterholz et al., 2015). In addition, the microbial production of humic-like fluorescent DOM (FDOM), which could be recalcitrant for centuries, has been highlighted for its basin-scale distributions (Yamashita and Tanoue, 2008; Catalá et al., 2015). Consequently, the microbial processes contributing marine RDOM formation has been termed “microbial carbon pump (MCP)”, which can contribute carbon sequestration in the ocean (Jiao et al., 2010).

It has been reported that the chemical composition of bacterially derived DOM is related to bacterial community composition (Lucas et al., 2016; Osterholz et al., 2016; Tada and Suzuki, 2016; Tada et al., 2017). A strong linkage between specific bacterial taxa and particular DOM molecules was found from the monitoring of DOM molecular composition determined by ultra-high-resolution mass spectrometry and bacterial community structure determined by 16S rRNA gene sequencing during phytoplankton blooms in the North Sea (Lucas et al., 2016). Such recent results obtained by state-of-the-art techniques suggest that some specific species and/or physiological states of marine bacteria control the efficiency of the MCP in the ocean. However, it is difficult to identify the key bacterial species and the physiological states that contribute to RDOM production from observations or in vitro experiments with bacterial communities.

Batch culture experiments using bacterial isolates could allow the evaluation of possible key bacterial species that greatly contribute to the MCP. Two previous studies incubated two Roseobacter species, Phaeobacter inhibens and Dinoroseobacter shibae, with simple substrates (glucose, glutamate, acetate or succinate) as the sole carbon source and found that the chemical composition of exometabolites was different between the two bacterial strains (Wienhausen et al., 2017; Noriega-Ortega et al., 2019). The results of these previous studies suggest that the capability for RDOM production is different among bacterial species. Furthermore, it was reported that an Alteromonas sp. strain, which was isolated from coastal seawater and shared ∼99% 16S ribosomal DNA sequence similarity with Alteromonas macleodii, had the capacity of alteration of marine DOM composition (Pedler et al., 2014; Pedler Sherwood et al., 2015). The previous studies (Pedler et al., 2014; Pedler Sherwood et al., 2015) suggested the presence of key bacterial species in carbon cycling including the MCP. Thus, comparison of the efficiency and processes of RDOM production among bacterial strains can provide new insights into the mechanisms of RDOM production and the MCP.

In this study, to investigate the differences in the quantity and quality of bacterial DOM among bacterial species and the key physiological processes for bacterial DOM production, in vitro incubations of model bacterial strains with glucose as a labile substrate were carried out. For the model bacterial strains, the gammaproteobacteria Vibrio splendidus and Phaeobacter gallaeciensis, which also belong to the Roseobacter clade of the alphaproteobacteria, were used. The microbial production of DOM as well as the recalcitrant humic-like FDOM production were measured. The results previously obtained by in vitro incubation with A. macleodii (Goto et al., 2017) were compared with those obtained from the two strains (V. splendidus and P. gallaeciensis) used in this study.



MATERIALS AND METHODS


Marine Bacterial Strains

V. splendidus ATCC 25914 (Vib) and P. gallaeciensis ATCC 700781 (Pha) were obtained from the Japan Collection of Microorganisms, RIKEN BioResource Center (Tukuba, Ibaraki, Japan), and were used as model marine bacterial isolates in the present study. The previously reported results of A. macleodii (Alt) (Goto et al., 2017) were used for a comparison with those of Vib and Pha.

A. macleodii and V. splendidus belong to the ubiquitous gammaproteobacteria. V. splendidus has been reported to be a common heterotrophic, free-living bacteria in culturable bacterial communities in coastal and open oceans (Urakawa et al., 1999; Radjasa et al., 2001). The populations of V. splendidus in coastal regions have been reported to comprise variable phylogenetic groups adapted to differing ecological conditions, namely, seasons and habitats, and are categorized by their size fractions in samples (Hunt et al., 2008). These studies suggest that these strains are suitable model organisms of free-living marine bacteria and bacteria that respond to the supply of labile DOM.

P. gallaeciensis was used as the other model marine bacterial strain in this study. The genus Phaeobacter, belonging to the Roseobacter clade, is frequently predominant in phytoplankton blooms and has a versatile metabolism (Pommier et al., 2005; Newton et al., 2010). P. gallaeciensis has been reported to attach to zooplankton or coccolithophores (Seyedsayamdost et al., 2011; Freese et al., 2017). Therefore, the Pha strain is considered an appropriate model species of attached bacteria belonging to the Roseobacter clade.

Frozen stock of each bacterial strain was inoculated and then incubated in modified artificial seawater-based Aquil medium supplemented with glucose (1,000 μmol C L–1) at 25°C according to Goto et al. (2017). DOC concentration of the modified artificial seawater-based Aquil medium was 9.7 ± 2.0 μmol C L–1. The incubation periods were determined based on the lengths of the exponential growth phases of the three strains (24 h for Alt and Vib, 36 h for Pha). After each incubation was repeated twice, each medium was used as inoculum for the experiments described in the next section.



Experimental Setup

The experimental design was basically the same as that described previously (Goto et al., 2017). The modified artificial seawater-based Aquil medium was used for each incubation. The nitrogen source for the Alt incubation was NaNO3 (Goto et al., 2017), while NH4Cl (161 μmol N L–1) was used for the incubations of Vib and Pha according to the nitrogen availability of these strains. The phosphorus source was NaH2PO4⋅H2O (10 μmol P L–1). Glucose (1,000 μmol C L–1) was added to the artificial seawater in the experimental treatments, while the water in the control treatments were prepared without glucose. The inoculum of each strain was added to the artificial seawater in each treatment at a dilution of 1:1000. Each bacterial strain was incubated in 100 mL of artificial seawater in acid-washed 250 mL polyethylene terephthalate bottles in the dark at 25°C. Triplicate bottles in the experimental and control treatments of each bacterial strain were sampled at the time points summarized in Supplementary Table 1 to determine the bacterial abundance, organic carbon concentration and DOM optical properties.



Bacterial Abundance

Samples for the analyses of the bacterial abundance were fixed in paraformaldehyde [2% (vol/vol) final concentration] and preserved at −80°C. The bacterial cell density of the Vib treatment was measured with an EPICS flow cytometer (XL ADC system, Beckman Coulter) equipped with a 15 mW air-cooled laser excited at 488 nm, according to the protocol of Tada and Suzuki (2016). This method has been described in detail elsewhere (Goto et al., 2017). The bacterial abundance of the Pha treatment was measured with an epifluorescence microscope (BZ-9000, KEYENCE), since the cells possibly aggregated during incubation. The fixed samples were filtered onto polycarbonate membrane filters with a pore size of 0.2 μm (WHA-110656, Whatman, GE Healthcare) and strained with a DAPI mixture. The DAPI mixture constituted 5.5 parts (by volume) of Citifluor (Citifluor Ltd.), 1 part Vectashield (Vector Labs) and 0.5 parts PBS with 4′,6-diamidino-2-phenylindole at a final concentration of 2 μg mL–1. The filters were prepared for microscopic observation with glass slides and covers. Fifteen fluorescence microscopy images were stored as TIFF files per sample and analyzed by ImageJ software (ver. 1.49, Wayne Rasband, National Institutes of Health). The images were processed by the Laplace filter (5 × 5 kernel), Gaussian filter (radius 3) and median filter (rank 3) to define cell boundaries and remove noise (Fazi et al., 2008). After the procedures, the particles in each image were counted with the software.



Organic Carbon Concentrations and DOM Optical Properties

Analytical procedures to determine the DOC concentration and DOM optical properties have been reported elsewhere (Goto et al., 2017) and are only briefly described here. The incubated media were filtered through precombusted (450°C, 3 h) glass fiber filters with a nominal pore size of 0.3 μm (GF75, Advantec) under gentle vacuum (<0.02 MPa) to measure the DOC concentration and DOM optical properties. The total organic carbon (TOC) concentration was measured in unfiltered samples, and the particulate organic carbon (POC) concentration, corresponding to the bacterial biomass possibly including the dead cells during the stationary and death phases, was calculated by subtracting the DOC concentration from the TOC concentration. Furthermore, we determined bacterial growth efficiency (BGE) at the initiation of the stationary phases. BGE is the ratio of bacterial biomass production (BP) to carbon demand, which is sum of bacterial biomass production and respiration (BR) (del Giorgio and Cole, 1998). In this study, the POC concentration and the decrease in TOC concentration during incubation were used for BP and BR, respectively.

The organic carbon concentrations, namely, the TOC and DOC concentrations, were determined by high-temperature catalytic oxidation with a total organic carbon analyzer (TOC-V CSH, Shimadzu). The accuracy and consistency of the measured organic carbon concentrations were checked by deep seawater consensus reference material (Hansell laboratory, University of Miami), which was assessed daily. The excitation-emission matrix (EEM) was measured using a fluorometer (FluoroMax-4, Horiba) according to the procedure of Tanaka et al. (2014). Several postacquisition steps were involved in the correction of the EEM, including instrumental bias correction, corrections of the inner filter effect using absorbance, and the subtraction of a blank (Milli-Q water) from the EEM, and fluorescence intensity in the EEM was converted to Raman Units (RUs), with the peak area of Raman scatter at 350 nm excitation (Lawaetz and Stedmon, 2009). The absorbance spectrum of each sample for correction of the inner filter effect was measured with a Shimadzu UV-1800 spectrophotometer in a 1-cm quartz cuvette according to Yamashita et al. (2013).



Statistical Analysis

The contours of the EEMs were plotted with the statistical software R (version 3.2.3) (R Development Core Team, 2015). The linear regression analysis between the organic carbon concentration or the fluorescence intensity of the protein-like FDOM and the fluorescence intensity of the humic-like FDOM was performed with R to investigate the physiological processes of humic-like FDOM production.




RESULTS

The spectral characteristics of FDOM and their changes over time with bacterial abundance, DOC concentration and fluorescence intensity of each fluorophore in the Alt treatment were reported previously (Goto et al., 2017); these results were compared to those of Vib and Pha in this study. The TOC and POC concentrations in the Alt treatment are reported, for the first time, in this study.


Growth of Bacteria and Change in Organic Carbon Concentration

The abundance of Alt in the experimental treatment increased exponentially during the period of 0–24 h and was stable from 24 h to the end of incubation (Figure 1A). The cell density in the control treatment increased slightly. The DOC concentration gradually decreased during the period of 0–18 h and then drastically decreased from 18 to 24 h of incubation (Figure 1B). The DOC concentrations were relatively stable during the period of 24–168 h. The DOC concentrations in the control treatment were quite low compared with the experimental treatment and did not change during the incubations. The POC concentration could not be determined during the first 24 h of incubation in the experimental treatment or throughout the incubation in the control treatment since the concentration was equivalent to the analytical errors of the DOC and TOC (Figure 1C). The POC concentration was above the detection limit at 24 h and fluctuated during the period of 24–168 h. The period from 0–18 h was defined as the exponential growth phase because the cell density did not reach its highest level and the DOC concentration, which was mainly derived from glucose, was still high during this period. The period from 24–168 h was defined as the stationary phase due to the stability of the cell density.
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FIGURE 1. Changes in the bacterial abundance and the concentrations of dissolved organic carbon (DOC), particulate organic matter (POC), and total organic carbon (TOC) in the Alt (A–D), Vib (E–H), and Pha (I–L) treatments, respectively. The closed and open symbols represent the experimental treatment and control treatment, respectively. The error bars indicate standard deviation of triplicate incubation bottles.


The abundance of Vib in the experimental treatment increased drastically just after the start of incubation and reached the highest cell density at 72 h (Figure 1E). Then, the abundance of Vib decreased until the end of incubation in the experimental treatment. In the control treatment, the abundance of Vib slightly increased from the initiation of incubation to other time points. The DOC concentration in the experimental treatment slightly decreased from the initial experiment to 12 h, largely decreased from 12 to 72 h, and gradually increased from 72 h to the end of incubation (Figure 1F). The DOC concentration in the control treatment was stable, with a relatively low concentration compared to that in the experimental treatment. The POC concentration in the experimental treatment was above the detection limit at 72 h (Figure 1G) and continued to decrease after 72 h of incubation in the experimental treatment. The POC concentration in the control treatment could not be determined throughout the incubation period. The period from 0–18 h was defined as the exponential growth phase, while the period from 72–600 h was defined as the stationary phase (including a part of the death phase) based on the changes over time in cell density and DOC concentration in the Vib experimental treatment. The time point of 24 h in the incubation was excluded from the definition of the growth phase because the triplicate bottles showed wide variability due to the boundary between the two growth phases.

The abundance of Pha in the experimental treatment increased exponentially from the initiation of incubation to 48 h, and the cell density remained at a higher level from 96 h to the end of incubation (Figure 1I). The cell concentrations in the control treatment did not change largely throughout the incubation. The DOC concentration in the experimental treatment decreased gradually from the initiation of incubation to 27 h and then decreased drastically to 96 h (Figure 1J). From 96 h to the end of incubation, the DOC concentration remained relatively low. The DOC concentrations in the control treatment were much lower than those in the experimental treatment throughout the incubation. The POC concentration was above the detection limit at 27 h, increased from 27 h by 48 h, and then decreased to the end of the incubation period (Figure 1K). Therefore, the period from 0–48 h was defined as the exponential growth phase, as the cell abundance increased in the period from 27–48 h. The cell abundance and DOC concentration were rather stable in period from 96–360 h; thus, this period was defined as the stationary phase.

The TOC concentration in the experimental treatment slightly decreased from the initial experiment, then sharply decreased just before the end of the exponential growth phase, and slightly decreased during the stationary phase for three strains incubations (Figures 1D,H,L). The BGEs at the initiation of the stationary phase in the experimental treatment of Alt, Vib, and Pha were 25, 33, and 9%, respectively.



Spectral Characteristics of FDOM Produced by the Bacterial Strains

At the end of the incubation periods for all the strains in the experimental treatments, the EEMs of the DOM samples showed distinct fluorescent peaks (Figures 2C,F,I); these fluorescent peaks did not appear at the beginning of the experimental treatments (Figures 2A,D,G) or in the control treatments (Supplementary Figure 1) of three bacterial strains.
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FIGURE 2. Excitation-emission matrix (EEM) of the experimental treatment at the initiation of the incubation (upper row), the initiation of the stationary phase (middle row) and the end of the incubation (lower row) Alt (A–C), Vib (D–F), and Pha (G–I) treatments, respectively. The EEMs obtained from triplicate samples were averaged to produce the figures.


The positions of the fluorescent peaks of the FDOM produced by the three bacterial strains are summarized in Table 1. From the positions of the peaks, the protein-like FDOM and humic-like FDOM were grouped. Furthermore, the protein-like FDOM found in the treatment of each strain was separated into tyrosine-like FDOM, which had emission maxima at approximately 300 nm, and tryptophan-like FDOM, which had emission maxima at approximately 330 nm (Mayer et al., 1999; Yamashita and Tanoue, 2003). Two types of protein-like FDOM (AP1: Ex/Em = 275/300 nm and AP2: Ex/Em = 275/330 nm) were found in the Alt treatment, while one type of protein-like FDOM was found in the Vib and Pha treatments. The protein-like FDOM in the Vib treatment was defined as a tryptophan-like FDOM, which had an emission maximum at 340 nm (VP: Ex/Em = 275/340 nm). In the Pha treatment, the protein-like FDOM was defined as a tyrosine-like FDOM (PP: Ex/Em = 280/300 nm).


TABLE 1. Peak positions and groups of fluorescent dissolved organic matter produced by three bacterial strains.
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Humic-like FDOM was also found in the EEMs in all treatments. The humic-like FDOM was further separated into three groups based on comparisons with spectral characteristics of humic-like FDOM reported in previous studies (Coble, 1996, 2007; Stedmon and Markager, 2005; Yamashita et al., 2010; Romera-Castillo et al., 2011; Tanaka et al., 2014; Catalá et al., 2015). Humic-like FDOM, characterized by emission maxima greater than 500 nm, has been generally defined as terrestrial humic-like FDOM in coastal environments (Stedmon and Markager, 2005) and is therefore regarded as a terrestrial-like group in the present study. Two humic-like FDOM peaks in the Alt treatment (AH1: Ex/Em = 270/520 nm, AH3: Ex/Em = 425/520 nm) and the Vib treatment (VH2: Ex/Em = 370/520 nm, VH3: Ex/Em = 440/530 nm) were categorized into the terrestrial-like group.

Humic-like FDOM, which has emission maxima of approximately 400 nm, has been traditionally reported to be derived from marine microbes (Coble, 1996, 2007). Therefore, humic-like FDOM is defined as a marine-like group. One humic-like FDOM found in the Alt treatment (AH2: Ex/Em = 315/400 nm) and the Pha treatment (PH2: Ex/Em = 320/390 nm) was categorized into the marine-like group.

The third humic-like FDOM group, characterized by emission maxima at approximately 450 nm, has been traditionally considered to be of a terrigenous origin (Coble, 1996), although it has been recently reported that humic-like FDOM is also produced by marine microbes (Yamashita et al., 2010; Romera-Castillo et al., 2011; Tanaka et al., 2014; Catalá et al., 2015). Accordingly, humic-like FDOM was classified as a multiple origin group in the present study. One humic-like FDOM in the Vib treatment (VH1: Ex/Em = 360/450 nm) and two humic-like FDOM types in the Pha treatment (PH1: Ex/Em = 265/450 nm, PH3: Ex/Em = 370/450 nm) were categorized into the multiple origin group. It should be noted that all the humic-like FDOM peaks, even in the terrestrial-like group, were produced by the bacterial strains used in the present study.



Changes Over Time in the Fluorescence Intensity of Individual FDOM Types Produced by Bacterial Strains

In the experimental treatments of the three bacterial strains, protein-like FDOM increased during the exponential growth phases, especially in the later stages (Figure 3). Then, the fluorescence intensities of the protein-like FDOM increased during the early part of the stationary phases for the three bacterial strains. Two protein-like FDOM patterns in the Alt treatment tended to decrease from 72 h to the end of the incubation period (Figures 3A,B). The other protein-like FDOM patterns from the Vib and Pha treatments, which were categorized as tryptophan-like and tyrosine-like peaks, respectively, tended to increase throughout the stationary phases. The fluorescence intensities of all the protein-like FDOM types in the control treatment were considerably lower than those in the experimental treatments for the three strains.
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FIGURE 3. Changes in the fluorescence intensities of protein-like FDOM in the Alt (A,B), Vib (C) and Pha treatments (D). The purple and pink symbols indicate tryptophan-like (A,C) and tyrosine-like peaks (B,D), respectively. The closed and open symbols represent the experimental treatment and control treatment, respectively. The error bars indicate standard deviation of triplicate incubation bottles.


The fluorescence intensities of all the humic-like FDOM types increased during the exponential growth phases in the experimental treatments of the three bacterial strains (Figure 4). All of them, excluding AH2, continued to increase during the stationary phases. AH2 was relatively stable during the stationary phase of the Alt treatment. The fluorescence intensities of all the humic-like FDOM types in the control treatments were considerably lower than those in the experimental treatments for the three strains.
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FIGURE 4. Changes in the fluorescence intensities of peaks categorized as humic-like FDOM in the Alt (AH1, A; AH2, B; AH3, C), Vib (VH1, D; VH2, E; VH3, F), and Pha (PH1, G; PH2, H; PH3, I) treatments. The closed and open symbols represent the experimental treatment and control treatment, respectively. The error bars indicate standard deviation of triplicate incubation bottles.





DISCUSSION


Microbial DOC Production From a Labile Substrate

Three marine bacterial strains belonging to different classes or orders were used for a better understanding of the mechanisms of DOM production by the organisms. Glucose was used as the sole carbon source. Previous studies also used glucose as the sole carbon source for bacterial strains or community incubation and indicated that glucose was consumed completely within several days (Ogawa et al., 2001; Kawasaki and Benner, 2006; Wienhausen et al., 2017). Such results of previous studies in combination with increases in bacterial abundances with decreases in the DOC concentrations during the exponential growth phase of the three strains tested (Figure 1) suggest that the bacteria assimilated the glucose and consumed the compound during the exponential growth phase. Therefore, the DOC concentrations detected at the end of the experimental phase were most likely derived from the DOM produced by each bacterial strain.

During the stationary phases, the DOC concentrations were relatively stable for the Alt treatment and slightly increased for the Vib and Pha treatments. The formation of the carbon-rich signature of RDOM with consumption of labile DOM derived from Spirulina (a member of cyanobacteria) cells was observed by the 24-h incubation of a microbial community in surface seawater (Hach et al., 2020). Furthermore, the incubation experiment of a bacterial strain, Alteromonas infernus, with addition of the labile substrate pyruvate every 48-h showed that release of the labile DOC was not detected during the exponential growth phase (Eichinger et al., 2009). It was assumed that the DOC concentration detected at the end of the exponential growth phase of the three strains were stable due to the absence of labile DOM. Therefore, the changes in DOC concentration indicated that the DOC concentrations at the end of the incubation periods were mainly determined by the direct DOM release during the exponential growth phase with some contribution from the DOM produced during the stationary phase.

Figure 5 shows partition of carbon species, namely CO2 by respiration (decrease in TOC), POC, and DOC, at the initiation of the incubation, the initiation of the stationary phases, and the end of the incubation. The bacterial physiological processes for DOM production were thought to differ among the three bacterial strains during the stationary phase. The POC contributed 79, 44, and 28% of the TOC at the end of the incubation periods of the Alt, Vib, and Pha treatments, respectively. The POC at the end of the incubation period included the living bacterial cells and their detritus. The DOC and POC concentrations fluctuated inversely during the stationary phase of the Alt treatment, suggesting that Alt reused the DOC released by themselves to maintain bacterial carbon with the mineralization process.
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FIGURE 5. Percentage of carbon species at the initiation of the incubation, the initiation of the stationary phase, and the end of the incubation of the Alt (A), Vib (B), and Pha (C). The amount of remineralization into carbon dioxide was calculated from decreases in TOC concentration from the initiation of the incubation.


During the stationary phase of the Vib treatment, the POC concentration and bacterial abundance decreased, but the DOC concentration slightly increased, suggesting that the bacterial cells were degraded (i.e., lysis of the cell body) and released cellular contents into the media. The average decrease in POC concentration during the stationary phase was 85 ± 38 μmol C L–1, whereas the increase in DOC concentration during the stationary phase was 46 ± 39 μmol C L–1. Therefore, 46 and 54% of the POC was mineralized and transferred to DOC during the lysis of Vib, respectively (Figure 5). Then, the increase in DOC by lysis were estimated of the contributing 21% to the DOC concentration at the end of the incubation period. A previous study, which added a labile substrate to a coastal microbial community, indicated that DOC derived from sloppy feeding of nanoflagellates on bacterial bodies was easily consumed during incubation (Lechtenfeld et al., 2015). The results of previous and present studies indicate that the lysis of bacterial cells is an important process for DOM production and subsequent secondary bacterial production.

The bacterial abundance of the Pha strain during the stationary phase was stable, while the POC concentration decreased. A relationship between bacterial cell volume and carbon content has been observed (Romanova and Sazhin, 2010). Therefore, it is possible that the bacterial cell size decreased during the stationary phase in the Pha treatment. The DOC concentration increased slightly during the stationary phase. A decrease in biomass with DOM release was also found during incubation with a bacterial strain of A. infernus (Eichinger et al., 2009). The average decrease in POC concentration during the stationary phase of the Pha treatment was 55 ± 7 μmol C L–1, and the average increase in DOC concentration was 13 ± 8 μmol C L–1. Therefore, the decrease in POC concentration during the stationary phase resulted in 77% of the remineralization and 23% of the releases as DOC during the consumption of cellular materials (Figure 5). The DOC released during the consumption of cellular materials was estimated of contributing to 17% of the DOC concentration at the end of the incubation of the Pha treatment.

A major part of the remnant DOC at the end of the incubation period was considered to be generally unavailable for each strain. The concentrations of bacterial DOC could be calculated by subtracting the DOC concentration at the end of the control treatment from that at the end of the experimental treatments during the incubation of each strain. The efficiency of bacterial DOC production (%) from labile substrates was calculated based on the ratio of the concentration of bacterial DOC at the end of incubation to that at the beginning of incubation (Figure 5). The efficiencies of bacterial DOC production are summarized in Table 2. The efficiency of Vib (20%) was the highest among the three strains and was approximately four times higher than those of Alt and Pha (4 and 6%, respectively). The efficiencies of Alt and Pha were similar to the efficiencies found by previous studies (3–7%) of microbial communities (Ogawa et al., 2001; Shimotori et al., 2009; Koch et al., 2014; Lechtenfeld et al., 2015) and isolated strains (Gruber et al., 2006). The experimental evidence obtained from in vitro microbial incubation (Ogawa et al., 2001; Gruber et al., 2006; Shimotori et al., 2009; Koch et al., 2014; Lechtenfeld et al., 2015), including this study, indicates that Vib is likely a key species for the efficient production of bacterially derived DOC; thus, differences in bacterial community composition affect the efficiency of bacterial DOC production from simple labile substrates.


TABLE 2. Efficiencies of dissolved organic carbon (DOC) production from glucose by the bacterial strains.

[image: Table 2]


Bacterial FDOM Production With the Consumption of a Labile Substrate During the Exponential Growth Phase

The results of the EEMs for the experimental treatments of all the strains (Figure 2) indicated that FDOM was produced by the three bacterial strains during the incubations and was not due to contamination during incubation or of the background medium. The three bacterial strains produced FDOM, which contained protein-like and humic-like substances, during the exponential growth phase, suggesting that the bacteria actively released FDOM during the growth phase, in which they consumed the labile substrate. The fluorescence intensities of the humic-like FDOM did not decrease during the exponential growth phase or the stationary phase (as discussed below). Furthermore, the bacterial-derived humic-like FDOM has been shown to be recalcitrant on the time scale of deep ocean circulation (Yamashita and Tanoue, 2008; Catalá et al., 2015). These results suggested that the heterotrophic bacteria produced recalcitrant humic-like FDOM using simple substrates, such as glucose, during their active growth. The production of recalcitrant humic-like FDOM during the exponential growth phase has also been reported from previous incubation experiments with natural microbial communities (Kramer and Herndl, 2004; Lønborg et al., 2009; Shimotori et al., 2009; Arai et al., 2018). The results of these previous studies as well as this study suggested that broad heterotrophic bacterial species can actively produce humic-like FDOM during the exponential growth phase. However, it should be noted that some previous studies suggested that a part of humic-like FDOM produced by microbial community is bio-degradable (Shimotori et al., 2009; Arai et al., 2018).

The efficiency of humic-like FDOM production with the consumption of a labile substrate was compared among the three bacterial strains. A regression analysis between DOC concentrations and fluorescence intensities of the humic-like FDOM was performed during the exponential growth phase of each strain (Table 3 and Supplementary Figure 2). Significant negative linear relationships were found between all the humic-like FDOM types and DOC concentrations, suggesting that the relationship between the production rate of humic-like FDOM and the consumption of glucose was relatively constant during the exponential growth phase. The slope of the regression indicates the efficiency of humic-like FDOM production with the consumption of a labile substrate. Interestingly, the slopes were not largely different among the humic-like FDOM produced by each strain (Table 3). On the other hand, the slopes seemed to be different among the three bacterial strains, namely, the slope was largest in the Pha treatment but was smallest in the Vib treatment (Table 3). Such a difference in the efficiency of humic-like FDOM production during the exponential growth phase suggested that although a variety of bacteria can produce humic-like FDOM, particular bacterial species predominantly produce humic-like FDOM when labile DOM is supplied.


TABLE 3. The results of a regression analyses between humic-like FDOM and other parameters in the treatments of three bacterial strain.
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Bacterial Production of FDOM During the Stationary Phase

The fluorescence intensities of humic-like FDOM continued to increase during the stationary phase, except for one humic-like FDOM produced by Alt (AH2). Such changes in humic-like FDOM during the incubations suggest that recalcitrant humic-like FDOM produced by the three bacterial strains accumulated during the incubations. It should be noted that the patterns of change in the humic-like FDOM during the stationary phase were different among the three bacterial strains, possibly due to the different production mechanisms of recalcitrant humic-like FDOM accompanied by the physiology of each strain. Each production mechanism was evaluated based on the linear regression analysis between humic-like FDOM and the DOC concentration (Supplementary Figure 3), TOC concentration (Supplementary Figure 5), and POC concentration (Supplementary Figure 6) during the stationary phase (Table 3).

In the Alt treatment, the humic-like FDOM in the terrestrial-like group (AH1 and AH3) increased, while the protein-like FDOM tended to decrease during the stationary phase (Figures 3A,B, 4A,C), suggesting that humic-like FDOM was produced with the recycling of ambient DOM derived from Alt. The fluorescence intensities of AH1 and AH3 were not significantly related to DOC concentrations in the Alt treatment (Figures 1B, 4A,C). In contrast, significant negative linear relations were evident between the TOC concentration and fluorescence intensities of AH1 and AH3, suggesting that Alt produced humic-like FDOM in the terrestrial-like group with the mineralization of organic matter (Table 3 and Supplementary Figure 5). The other humic-like FDOM produced by Alt, namely, AH2 belonging to the marine-like group, which has been considered to be recalcitrant in the ocean (Yamashita and Tanoue, 2008; Catalá et al., 2015), was not produced during the stationary phase.

In the Vib experiment, all the humic-like FDOM types (i.e., VH1, VH2, and VH3) increased with decreases in bacterial abundance and POC concentration during the stationary phase, including a part of the death phase (Figures 1E,G, 4D–F), suggesting that humic-like FDOM was produced with decreasing biomass. In incubation experiments without predators, the decrease in bacterial biomass should be caused by two mechanisms, namely, the lysis of bacteria (Riemann and Middelboe, 2002) and reserve consumption in bacterial bodies (Eichinger et al., 2009). The decrease in the biomass of Vib during the stationary phase (including a part of the death phase) was likely caused by bacterial lysis due to a simultaneous decrease in bacterial abundance. The humic-like FDOM was negatively related to POC concentration but not to TOC concentration during the stationary phase (Table 3 and Supplementary Figures 5, 6). Such relationships suggested that humic-like FDOM was not produced in association with bacterial mineralization, including the consumption of the reserve in biomass, but was released from the bacteria through lysis. It is interesting to note that all the FDOM types, including the protein-like FDOM types, increased throughout the incubation period of the Vib treatment. Positive linear relationships were evident between the humic-like FDOM and the DOC concentration as well as the protein-like FDOM (Table 3 and Supplementary Figures 3, 8), suggesting that not only humic-like FDOM but also DOM derived from the lysis of Vib accumulated throughout the incubation periods.

The humic-like FDOM in the Pha treatment increased with a decrease in the POC concentration during the stationary phase, although the bacterial abundance did not decrease (Figures 1I,K, 4G–I). Two humic-like FDOM types (PH1 and PH3) in the multiple origin group were negatively related to TOC as well as POC concentrations, possibly equivalent to the bacterial biomass, during the stationary phase (Table 3 and Supplementary Figures 5, 6), suggesting that a part of the humic-like FDOM was produced by the consumption of cellular materials. A decrease in biomass with DOM release was found during the incubation of the bacterial strain A. infernus (Eichinger et al., 2009). The DOC concentration was positively related to recalcitrant humic-like FDOM during the stationary phase (Table 3 and Supplementary Figure 3), suggesting that DOM produced by Pha during the stationary phase was possibly recalcitrant and accumulated throughout the incubation.

It is interesting to note that the composition of the bacterial FDOM (the slope of the linear regression between the protein-like FDOM and the humic-like FDOM) during the stationary phases was different between Pha and Vib (Table 3 and Supplementary Figures 8, 10). Such differences in the composition were likely caused by different mechanisms of DOM release; that is, more humic-rich DOM was produced during the consumption of cellular materials (in the case of Pha) than as a result of cell lysis (in the case of Vib).



The Differences in Bacterial FDOM Composition Between the Exponential Growth and Stationary Phases

All three types of humic-like FDOM were produced by Alt during the exponential growth phase, but only the two were produced during the stationary phase. These results indicate that the composition of microbially derived humic-like FDOM was different between the growth phases, namely, the physiological states, which could be partially controlled by differences in substrate, such as glucose or ambient DOM derived from Alt.

The levels of humic-like FDOM were negatively related to the TOC concentration during the exponential growth and stationary phases of the Alt treatment, except for AH2 in the stationary phase (Table 3 and Supplementary Figures 4, 5). All three humic-like FDOM types and the two humic-like FDOM types in the multiple origin group were also negatively related to the TOC concentration during the exponential growth and stationary phases of the Pha treatment, respectively. However, the levels of the humic-like FDOM types were not related to the TOC concentration during the exponential growth and stationary phases of the Vib treatment. The slopes of the regressions between the TOC concentration and fluorescence intensity of the humic-like FDOM during the stationary phases were larger than those during the exponential growth phases of both the Alt and Pha treatments, suggesting that starvation in a labile substrate possibly induced a higher production rate of humic-like FDOM and vice versa.

The humic-like and protein-like FDOM continuously increased throughout the incubations of the Vib and Pha treatments, even though protein-like FDOM was reused during the stationary phase of the Alt treatment (Figure 3; Goto et al., 2017). All the humic-like FDOM types were positively related to the protein-like FDOM types during the exponential growth and stationary phases of the Vib and Pha treatments (Table 3 and Supplementary Figures 7–10). The slopes of the positive linear relationships between the two parameters during the exponential growth phase showed higher values than those during the stationary phase of the Vib treatment (Table 3 and Supplementary Figures 7, 8). The slope, namely, the ratio of humic-like FDOM to protein-like FDOM, was probably controlled by mechanisms of DOM release. That is, protein-like FDOM-poor DOM was released with active extracellular excretion during the exponential growth phase, while protein-like FDOM-rich DOM was passively released by the lysis of bacteria during the stationary phase, including a part of the death phase. A previous study reported that viral lysis of bacteria induced the release of proteins (Riemann and Middelboe, 2002). In contrast, Zhao et al. (2017) pointed out that cyanobacteria released humic-like FDOM due to viral lysis rather than active excretion during exponential growth. Such experimental evidence suggests that viral lysis is an important process for releasing protein-like and humic-like FDOM and therefore that bacterial physiology regulates the composition of DOM released to ambient seawater.

The slopes of the positive linear relationships between the protein-like FDOM and humic-like FDOM were smaller during the exponential growth phase than during the stationary phase in the Pha treatment (Table 3 and Supplementary Figures 9, 10), indicating that the FDOM produced by Pha during the stationary phase showed a higher relative abundance of humic-like FDOM than that during the exponential growth phase. Such differences suggested that Pha excreted protein-rich DOM during the consumption of the labile substrate but produced protein-poor DOM during the consumption of cellular materials.




CONCLUSION

The efficiencies of DOM production from simple substrates were different among the three bacterial strains (i.e., Alt, 4%; Vib, 20%; and Pha, 6%). Interestingly, Vib produced DOM efficiently compared with the other strains. The bacterial DOC detected at the end of the incubations was recalcitrant for each bacterial strain. However, the degradability of the bacterial DOC for the other bacterial species is unknown. The incubation experiments of the bacterial DOC with other bacterial species are apparently necessary for a better understanding of RDOM production by marine bacteria. Humic-like FDOM, which can be considered RDOM, was produced by the three bacterial strains. The present study found, for the first time, that relative to the consumption of labile substrate during the exponential growth phase, the efficiency of humic-like FDOM production differed among the bacterial species, suggesting that the existence of key species with the ability to efficiently produce RDOM in the ocean.

In addition, four mechanisms of humic-like FDOM production were suggested based on the incubation of the distinct strains. (1) Active excretion with the consumption of labile substrate during the exponential growth phases. (2) Production with the consumption of extracellular compounds released by Alt. (3) Release through the lysis of Vib. (4) Production with the consumption of cellular materials by Pha. Two production mechanisms of humic-like FDOM, i.e., (2) and (4), showed higher efficiency against the remineralization of organic matter during the stationary phase than during the exponential growth phase. These data indicate that the efficiency of humic-like FDOM production depends on bacterial species as well as bacterial physiology and thus suggest that changes in the species composition and/or physiology of the microbial community are key factors controlling RDOM production in the ocean.
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When jellyfish blooms decay, sinking jellyfish detrital organic matter (jelly-OM), rich in proteins and characterized by a low C:N ratio, becomes a significant source of OM for marine microorganisms. Yet, the key players and the process of microbial jelly-OM degradation and the consequences for marine ecosystems remain unclear. We simulated the scenario potentially experienced by the coastal pelagic microbiome after the decay of a bloom of the cosmopolitan Aurelia aurita s.l. We show that about half of the jelly-OM is instantly available as dissolved organic matter and thus, exclusively and readily accessible to microbes. During a typical decay of an A. aurita bloom in the northern Adriatic Sea about 100 mg of jelly-OM L–1 becomes available, about 44 μmol L–1 as dissolved organic carbon (DOC), 13 μmol L–1 as total dissolved nitrogen, 11 μmol L–1 of total hydrolyzable dissolved amino acids (THDAA) and 0.6 μmol L–1 PO43–. The labile jelly-OM was degraded within 1.5 days (>98% of proteins, ∼70% of THDAA, 97% of dissolved free amino acids and the entire jelly-DOC pool) by a consortium of Pseudoalteromonas, Alteromonas, and Vibrio. These bacteria accounted for >90% of all metabolically active jelly-OM degraders, exhibiting high bacterial growth efficiencies. This implies that a major fraction of the detrital jelly-OM is rapidly incorporated into biomass by opportunistic bacteria. Microbial processing of jelly-OM resulted in the accumulation of tryptophan, dissolved combined amino acids and inorganic nutrients, with possible implications for biogeochemical cycles.

Keywords: jellyfish blooms, detritus, dissolved organic matter, marine microbial community, biodegradation, proteomics, biogeochemical cycles


INTRODUCTION

The complex pool of dissolved organic matter (DOM) in the oceans is one of the largest global reservoirs of carbon in the biosphere (662 Pg, Hansell et al., 2009). This DOM pool is almost exclusively accessible to diverse members of the microbial community affecting the biogeochemical state of the ocean and thus the global climate (Azam and Malfatti, 2007). To predict the response of marine ecosystems to natural and anthropogenic perturbations, our understanding on the relation between the organic matter (OM) field and the microbial consortia needs to be refined.

One significant source of OM in the ocean that has been so far largely overlooked are jellyfish (phylum Cnidaria, Class Scyphozoa), which presumably account for >90% of the total global gelatinous zooplankton biomass, estimated to represent 0.038 Pg C in the upper 200 m of the ocean (Lucas et al., 2014). However, due to sampling biases and lack of data, the global jellyfish biomass could be largely underestimated (Lebrato et al., 2019). In fact, jellyfish are ubiquitous and important players in different ecosystems. When conditions are favorable some jellyfish species form extensive blooms, reaching high biomass within a short period of time by efficiently grazing on phytoplankton, zooplankton and fish larvae (Acuña et al., 2011; Pitt et al., 2013). Jellyfish blooms are often short-lived and collapse abruptly due to various largely unexplored environmental factors (Pitt et al., 2014; Schnedler-Meyer et al., 2018; Goldstein and Steiner, 2020). Thus, with their “boom and bust” population dynamics, jellyfish can represent an important perturbation to the surrounding ecosystem. Despite of the debate over the reported global increase of their blooms and on the actual cause of the observed jellyfish fluctuations, the increase in their population size can have serious socio-economic and ecological consequences (Richardson et al., 2009; Condon et al., 2012; Purcell, 2012; Sanz-Martín et al., 2016). It is undisputed, however, that jellyfish represent a significant source of OM, especially in coastal ecosystems where large blooms are regularly reported (Kogovšek et al., 2010; Lucas et al., 2014).

Yet, the link between jellyfish-derived OM and its most probable consumers and degraders, i.e., the marine microorganisms, has been addressed only by a few studies (Titelman et al., 2006; Condon et al., 2011; Blanchet et al., 2015). Alive jellyfish release copious amounts of colloidal and labile C-rich DOM via different mechanisms (i.e., sloppy feeding, fecal pellets and mucus production, and excretion) (Condon et al., 2010, 2011). It has been demonstrated that DOM released by living jellyfish is rapidly respired rather than fueled into the biomass production by otherwise rare members of the ambient microbial community (Condon et al., 2011; Dinasquet et al., 2013; Manzari et al., 2015). However, the significant fraction of the pelagic biomass that jellyfish incorporate during their life span becomes only available to consumers when jellyfish die. Some studies proposed that the OM release after a massive jellyfish die-off should be even higher and of different stoichiometry than the release from living jellyfish (Pitt et al., 2009). Jellyfish consist to >95% of water and the organic content represents between 20 and 40% of their dry weight (Larson, 1986; Lucas et al., 2011; Kogovšek et al., 2014), mainly in the form of proteins (Pitt et al., 2009). This is also reflected by the low molar ratio of carbon to nitrogen (C:N = 4.5:1) of jellyfish biomass (Kogovšek et al., 2014; Molina-Ramírez et al., 2014). Only recently, transcriptome profiling of some jellyfish species provided the baseline allowing first insights into the complexity of this OM pool (Brekhman et al., 2015). Yet, the release rates and the detailed biochemical composition of the OM of different jellyfish taxa remain unknown.

Once jellyfish die, their carcasses start to sink through the water column representing large quantities of jellyfish detrital matter (jelly-OM). Sinking carcasses can be consumed and fragmented by predators and scavengers (Hays et al., 2018), degraded by pelagic microbial communities (Titelman et al., 2006; Tinta et al., 2016) and/or massively deposited at the seafloor (Lebrato et al., 2012), where they can be rapidly degraded by benthic communities (West et al., 2009; Sweetman et al., 2016). Recent estimates on the transfer efficiency of jellyfish biomass indicate that jellyfish are an important component of the biological soft-tissue pump, potentially playing an important role as a food source for the food web of the ocean’s interior (Lebrato et al., 2019). It has been demonstrated that jellyfish carcasses with their proteinaceous character, low C:N ratio and no hard exoskeleton represent a high-quality substrate for specific pelagic bacteria, altering diversity and functioning of marine food web (Titelman et al., 2006; Tinta et al., 2012; Blanchet et al., 2015). Substantial accumulation of NH4+ and PO43– has been recorded as a result of microbial degradation of jelly-OM in the water column (Tinta et al., 2010; Blanchet et al., 2015). Altogether, this indicates that the pelagic microbial degradation of jelly-OM can be rapid, with important implications for the fate of jelly-OM and biogeochemical cycles in the ocean. However, the key players and the rate and mechanisms of the microbial degradation process of pelagic jelly-OM remain unknown.

Here, we provide a detailed characterization of detrital jelly-OM and further insights into the processing of jelly-OM by microbial communities. To fully understand the nature of the microbial interactions with jelly-OM we have scaled our investigations down to the molecular level, i.e., the scale relevant for microbially mediated biochemical reactions (Azam and Malfatti, 2007). We have characterized the detrital OM of the cosmopolitan coastal meroplanktonic scyphozoan Aurelia aurita s.l. on the individual compound level. We link the remineralization rates of different jelly-OM compounds to the metabolic activities of key microbial populations involved in the process. With this approach we ultimately tested the hypothesis that jelly-OM is rapidly degraded by a small, but highly active fraction of the pelagic microbial community.



MATERIALS AND METHODS


Sampling and Pre-processing of Jellyfish Biomass

Specimens of A. aurita s.l. were collected in the Gulf of Trieste, northern Adriatic, during the senescent phase of their spring 2018 bloom. Altogether, 27 moribund jellyfish specimens were collected on different days (Supplementary Table S1). The conditions of the collected jellyfish specimens were evaluated based on their activity (i.e., individuals had reduced bell pulsation rate) and on the stage of their body deformation (i.e., individuals had deformed bodies including reduced and/or absent oral arms). Jellyfish were sampled individually from the surface of the water column together with ambient seawater using a large acid-cleaned plastic bucket, rinsed with ambient seawater prior to sampling. After removing the excess ambient seawater, each individual was carefully transferred into a plastic zip-lock bag and stored in a cooling tank in the dark during the transport to the laboratory. Within 1 h after collecting the specimens, jellyfish were stored in the dark at −20°C until further processing.

The collected jellyfish were freeze-dried (at −45°C for 7 d) as proposed elsewhere (Kogovšek et al., 2014) and then weighted to determine the dry weight of each individual (Supplementary Table S1). Next, the jellyfish dry material (jelly-DM) of all 27 individuals was pooled and homogenized with a sterilized pestle and agate mortar. Jelly-DM was then stored in acid- and Milli-Q water-rinsed and combusted glass vials at −20°C until further processing or used in the jellyfish leaching and degradation experiments as described below. To minimize the risk of contamination and degradation of jelly-DM, care was taken to work under sterile conditions, to use combusted glassware and to work on ice at all intermediate steps.

One part of jelly-DM was dialyzed using Spectra/Por 7 Membrane tubing (Sulfur and Heavy Metal Free, Spectrum) with a molecular weight cut-off (MWCO) of 1,000 Da to determine the ratio between the high- (>1,000 Da) and the low- (<1,000 Da) molecular weight compounds (LMW and HMW, respectively) and the C:N ratio of jellyfish organic matter (jelly-OM). The dialysis procedure is described in the Supplementary Material (S Info 1). The LMW fraction of jelly-OM was determined by measuring the concentration of dissolved organic carbon (DOC) and total dissolved nitrogen (TDN) in the dialyzate (Supplementary Table S2). After dialysis, jelly-OM was recovered into an acid- and Milli-Q water-rinsed and combusted glass petri dish and again freeze-dried at −45°C for 7 d. Thereafter, the amount of C and N in the dried jelly-OM material was determined in triplicate after combustion at 1,150°C (Elementar, Vario Micro Cube elemental analyzer) with 3% accuracy.



Jellyfish Leaching Experiments

The concentration and composition of the particulate (>0.8 μm) and dissolved (<0.8 μm) organic matter (POM and DOM, respectively) and inorganic nutrients leaching from jelly-DM was determined by dissolving 250 mg jelly-DM powder (prepared as described above) in 1 L of artificial seawater (salinity of 35) prepared according to Kester et al. (1967). Jelly-DM was suspended in artificial seawater in an acid- and Milli Q water-rinsed and combusted glass Erlenmeyer flask placed on a shaker in the dark at room temperature. Duplicate experimental flasks were subsampled at 0 h, 30 min and after 1, 2, 6, 8, 12 and 24 h for POC, PN, DOC, and TDN. Samples for total dissolved hydrolyzable amino acids (TDHAA) and inorganic nutrients (see description below) were also collected. At each time point, two technical replicates were collected from each of the two experimental flasks. To check for possible bacterial contamination, samples for bacterial abundance were also collected. No bacterial growth in these incubations was noticed.



Jellyfish Degradation Experiments

We have conducted two short-term batch culture experiments. For each experiment, six acid-washed, Milli-Q water-rinsed and combusted 5 L (Experiment I) and 10 L (Experiment II) borosilicate glass flasks were filled up with 0.2 μm filtered aged seawater (ASW) and freshly collected 1.2 μm filtered coastal ambient seawater (serving as bacterial inoculum) in a ratio of 9:1. Seawater for both, ASW and the bacterial inoculum was collected at 5 m depth in the center of the Gulf of Trieste (northern Adriatic) using 5 L Niskin bottles connected to a carousel water sampler (SBE 32, Sea-Bird Electronics). Seawater for ASW was collected in August 2018 and aged in acid-washed and Milli-Q water-rinsed 20 L Nalgene carboys for about one month at room temperature in the dark. Seawater for the bacterial inoculum was sampled and filtered on 13 September 2018, the same day as starting Experiment I. Experiment II was set up using the same bacterial inoculum, but kept in the dark at 4°C during Experiment I. Experiment II started immediately after Experiment I was finished.

For each experiment, three of the experimental bottles received 100 mg of jelly-DM L–1, representing the jelly-OM treatment. The final concentration of 100 mg of jelly-DM L–1 was added to mimic conditions potentially experienced by the ambient microbial community during the decay of A. aurita bloom in the Adriatic Sea. There were on average at least 10 jellyfish per m3 near the surface of the water column, each having a dry mass of ∼10 g (Supplementary Table S1), which equals to 100 g jelly-DM m–3. For each experiment, three experimental bottles were not amended with jelly-OM and served as control. In both experiments, all bottles were incubated in the dark at in situ temperature (∼24°C) and mixed thoroughly prior to subsampling. In both experiments, we sampled at short-time intervals and enumerated bacterial abundance instantly after each subsampling. In the Experiment I, we subsampled all the experimental bottles at 0, 6, 12, 24 h and terminated the experiment after 32 h, when the bacterial community reached its late exponential growth phase. In the Experiment II, we subsampled all the bottles at 0, 12, 32, 46, 56, 80 h and terminated the experiment after 84 h when the bacterial community entered its decay phase. For each subsampling about 250 mL was removed from the flasks, leaving therefore about 2/3 of the initial volume in all the experimental bottles at the end of each experiment.

At each time point, subsamples were taken for bacterial abundance, DOC, TDN, TDHAA, dissolved free amino acids (DFAA) and inorganic nutrients from each of the experimental flasks, preserved and analyzed as described below. In addition, the subsample of the bacterial inoculum just prior to the start of both experiments (at 0 h) was taken for bacterial metagenome analyses as described below. Also, subsamples were taken from each of the experimental flasks at the peak of the bacterial abundance (at 32 h, only in Experiment I) and during decay phase of bacterial growth (at 84 h, only in Experiment II) for bacterial metagenome and proteomics analyses as described below. At the same time, subsamples from each of the experimental flasks were incubated with specific fluorogenic reagents to estimate respiration and biomass production of specific bacterial populations (at 0 h in both experiments), at the peak of the bacterial abundance (at 32 h, only in Experiment I) and during the decay phase of bacterial growth (at 84 h, only in Experiment II) as described below. At each subsampling, temperature and the concentration of oxygen were monitored in each of the experimental flasks to check whether the temperature was constant and that the oxygen concentration never dropped below 80% of saturation. A scheme of the jellyfish degradation experiments with subsampling points and analyzed parameters is presented in Supplementary Figure S1.



Estimating Bacterial Abundance

Two replicates (1.5 mL each) were taken for determining bacterial abundance and fixed with 0.2 μm filtered 37% formaldehyde (2% final concentration). Samples were immediately stored at −80°C until further processing. For enumerating bacteria, 1 mL of sample was filtered onto a 0.2 μm white polycarbonate filter (supported by an 0.45 μm cellulose acetate filter) using a Millipore glass filtration system and a vacuum pump at low pressure (<200 mbar). DAPI-stained (2 μg mL–1 in Vectashield) bacterial cells were enumerated using an epifluorescence microscope (Zeiss Axio Imager M2 at 1,250× magnification and the DAPI filter set, Ex/Em = 358/461 nm). The bacterial abundance was calculated based on the average number of cells from at least 20 counting fields with 20–200 cells enumerated per counting field.



Respiration of Specific Bacterial Populations

The abundance of respiring bacteria was determined at a single-cell level using the Redox Sensor Green reagent (BacLight Redox Sensor Green Vitality Kit, ThermoFisher). This dye results in green fluorescence (Ex/Em = 495/519 nm) when modified by bacterial reductases, many of which are part of electron transport systems and can thus serve as proxy for bacterial respiration (Kalyuzhnaya et al., 2008). A 5 mL subsample of the bacterial inoculum collected in triplicate just prior to the start of each experiment (at 0 h) and 5 mL triplicate subsamples from each of the experimental bottles at the peak of the bacterial abundance (at 32 h, Experiment I) and during decay phase of bacterial growth (at 84 h, Experiment II) were spiked with Redox Sensor Green reagent (RSG) to reach a final concentration of 1 μM. Samples with RSG were incubated in cultivation tubes with vent caps at in situ temperature in the dark for 30 min. The bacterial activity was terminated by fixing the sample with 0.2 μm filtered 37% formaldehyde (2% final concentration) and stored at −80°C until further processing. Samples were filtered as described above (see section “Estimating Bacterial Abundance”) and mounted with a DAPI-mix to determine the total abundance of respiring microbial cells by counting individual cells with overlaying DAPI and RSG signal with the DAPI and FITC (Ex/Em = 495/519 nm) filter set, respectively, using a ZEISS Axio Imager 2 microscope at 1,250× magnification. At least 20 fields were counted for each filter slice using the software1 ACMEtool2. In parallel, to determine the abundance of specific respiring bacterial populations, filter pieces were processed using the FISH protocol (see section “Fluorescence in situ Hybridization”).



Biomass Production of Specific Bacterial Populations

The biomass production of the bacterial community was determined at the single-cell level based on the incorporation rates of the methionine analog L-homopropargylglycine (HPG) into newly synthesized bacterial proteins (Samo et al., 2014). The incorporation of HPG was detected using click chemistry, where the alkyne-modified HPG is detected with Alexa Fluor 488 azide (Ex/Em = 490/525 nm), following the manufacturer’s protocol (Click-iT HPG Alexa Fluor 488 Protein Synthesis Assay Kit, ThermoFischer). A 5 mL subsample of the bacterial inoculum was collected in triplicate just prior to the start of each experiment and from each of the experimental flasks (in triplicate) at the peak of the bacterial abundance (at 32 h, Experiment I) and during the decay phase of bacterial growth (at 84 h, Experiment II). Subsamples were spiked with 50 μM HPG reagent to reach a final HPG concentration of 20 nM and incubated at in situ temperature in the dark in the cultivation tubes with vent cap for 4 h. Bacterial activity was terminated by fixing the sample with 0.2 μm filtered 37% formaldehyde (2% final concentration) and stored at −80°C until further processing. Subsequently, samples were filtered as described above (see section “Estimating Bacterial Abundance”) and filters were further processed according to click reaction protocols as follows: filter slices were incubated in 200 μL of Click-It reaction buffer (154.5 μL Sigma water, 20 μL Click-It reaction buffer, 20 μL 10× reaction buffer additive, 4 μL copper (II) sulfate, 1.6 μL Alexa Fluor 488 azide) in the dark at room temperature for 30 min, followed by a Milli-Q water rinse and air-drying. Afterward, the filter slices were mounted with a DAPI-mix to determine the total abundance of active microbial cells by counting individual cells with overlaying DAPI and HPG signal with the DAPI and FITC (Ex/Em = 495/519 nm) filter set, respectively, using a ZEISS Axio Imager 2 microscope at 1,250× magnification. At least 20 fields were counted for each filter slice using the software ACMEtool2. To determine the abundance of specific HPG incorporating bacterial populations, filter slices were processed using the FISH protocol (see section “Fluorescence in situ Hybridization”).



Fluorescence in situ Hybridization

The abundance of bacteria and specific bacterial populations were determined by fluorescence in situ hybridization (FISH) using specific oligonucleotide probes labeled with Cy3 at the 5′-end (Biomers) (Supplementary Table S3). The specific bacterial populations were selected based on the relative abundances of the metagenomic assembled genomes (MAGs). An in silico analysis was performed to check the coverage and specificity of the probes using SILVA TestProbe 3.0 and the SSU r132 SILVA Database, REFNR sequence collection and 0 as maximum number of mismatches searching for the reverse and complementary sequence of the probe. The specificity of the selected probes for specific bacterial populations of interest was confirmed by blasting sequences of probes against the closest matched genome of each selected MAG. In addition, the specificity of the probes was checked using pure cultures of individual bacterial strains (i.e., a mixed culture of Alteromonas isolates (bacterial isolate S2-1-I5P4-O2, S2-2-MA-O1, S3-3-P10-O1, and S1-1-I5P4-O2), a culture of Vibrio splendidus (Acc No. JQ432580) and a culture of Pseudoalteromonas sp. (Acc No. KC307729) served as positive controls for the Alter2, GV and PSU730 probe, respectively). A sample of Crenarchaeota, obtained from an axenic Nitrosopumilus culture (Bayer et al., 2019b) served as negative control. We applied a modified version of the FISH method (Glöckner et al., 1996). For protocol details please see Supplementary Material S Info 2.

Samples were examined with a ZEISS Axio Imager 2 microscope equipped with specific filter sets for DAPI (Ex/Em = 358/461 nm), Cy3 fluorophore (Ex/Em = 554/568 nm) and FITC (Ex/Em = 495/519 nm) at 1,250× magnification. To determine the abundance of respiring bacterial populations, we applied the FISH method to the samples incubated with Redox Sensor Green reagent (see section “Respiration of Specific Bacterial Populations”). The abundance of individual respiring bacteria within specific bacterial populations was determined by counting individual cells with overlaying DAPI, RSG, and FISH signal using DAPI, FITC and Cy3 filter sets, respectively. To determine the abundance of HPG incorporating bacterial populations, we applied the FISH method to the samples incubated with HPG (see section “Biomass Production of Specific Bacterial Populations”). The abundance of individual HPG incorporating bacteria within specific bacterial populations was determined by counting individual cells with overlaying DAPI, HPG, and FISH signals using DAPI, FITC and Cy3 filter sets, respectively. At least 20 fields were counted for each filter slice using the software ACMEtool2.



Bacterial Metagenomes

Bacterial biomass was collected onto 0.2 μm polyether sulfone membrane filters (PALL Inc.) by filtering 2 L of the (1.2 μm pre-filtered) bacterial inoculum and from each of the triplicate control treatments and 0.5 L from each of the triplicate jellyfish treatments using acid- and Milli-Q water rinsed and combusted filtration sets applying a low (<200 mbar) pressure. Samples from all experimental flasks were taken in Experiment I at 32 h, corresponding to the peak of the bacterial abundance in the jellyfish treatment. Filters were then immediately transferred into sterile cryotubes and stored at −80°C until further processing. Total nucleic acids were extracted from the filters following the protocol of Angel (2012) with some modifications. For details of the extraction protocol please see Supplementary Material S Info 5. We have sequenced the metagenome of the coastal microbiome (by pooling DNA extracted from the bacterial inoculum that we used to set up each of the two experiments) and of the communities from jelly-OM and the control treatments (by pooling DNA extracted from each, the triplicate jelly-OM and the control flasks). All three metagenomic DNA libraries were constructed individually (Westburg kit, enzymatic shearing) and sequenced on one lane of the HiSeqV4 Illumina platform at the Vienna Biocenter Core Facilities2. Raw reads were deposited at NCBI under the accession number PRJNA633735. Paired-end reads were assembled from each metagenome with MEGAHIT v.1.1.1 (k list: 21, 29, 39, 59, 79, 99, 119, 141) (Li et al., 2015). Gene prediction was performed with Prodigal under metagenomic mode (-p meta) (Hyatt et al., 2010). For additional information on the metagenomic assembly please see Supplementary Material S Info 5. To obtain an overview of the phylogenetic composition of each metagenome, the phylogenetic affiliation of the predicted genes was identified using the lowest common ancestor algorithm adapted from DIAMOND 0.8.36 blast (Buchfink et al., 2015) by searching against the NCBI non-redundant (NR) database (Sayers et al., 2020). The top 10% hits with an e-value <1 × 10–5 were used for phylogenetic assignment (–top 10). Reads from each metagenome were mapped to the predicted gene catalog with the BWA algorithm (bwa mem) (0.7.16a) (Li and Durbin, 2009). The gene abundance was estimated by the number of mapped reads and normalized as follows: RPM (mapped reads per million) = 106 × (mapped reads/gene length)/sum of (mapped reads/gene length). For MAG construction, paired-end reads from each metagenome were pooled and co-assembled using MEGAHIT v.1.1.1 (k list: 21, 29, 39, 59, 79, 99, 119, 141). The contigs were clustered with two separate automatic binning algorithms: MaxBin and MetaBAT (2.15) with default settings (Wu et al., 2014; Kang et al., 2015). The generated genomic bins were de-replicated and refined with Metawrap (bin_refinement) (Uritskiy et al., 2018). Bins with >70% completeness and <10% contamination were kept for downstream analysis (-c 70, −x 10). To determine the abundances of the bins across samples, short reads from each metagenome were mapped to the bins using the Metawrap function “quant_bins.”



Protein Extraction Protocols


Extracting Soluble Proteins From the Jellyfish Biomass

For proteomic analyses of jelly-DM, extraction of soluble proteins was performed as follows: 100 mg of jelly-DM was resuspended in lysis buffer (4% SDS, 100 mM Tris-HCl pH 8, EDTA 50 mM pH 8) and incubated at 87°C for 30 min. Cysteines were reduced and alkylated by incubating the suspension with 10 mM dithiothreitol (55°C, for 45 min) and 55 mM iodoacetamide (room temperature, for 1 h). Proteins were precipitated with three volumes of 20% TCA in acetone (final concentration) at −20°C for 4 h and subsequently, washed with ice-cold 100% acetone (Valledor and Weckwerth, 2014). Dried protein pellets were resuspended in 50 mM TEAB buffer (triethyl ammonium bicarbonate buffer, Sigma) and protein concentrations were measured with the Pierce 660 nm Protein Assay Reagent (Thermo Scientific) using BSA (bovine serum albumin) as a standard. Ten μg of proteins of each sample was subjected to in-solution trypsin digestion (1:100, w/w) at 37°C overnight. Trypsin digestion was terminated by adding trifluoroacetic acid (TFA) to the samples (1% final concentration). Samples were desalted using Pierce C18 Tips (Thermo Scientific) according to manufacturer’s instructions. To increase the number of peptides recruited from our complex matrix (and to identify low-abundant peptides) we used Pierce High pH Reverse-Phase Peptide Fractionation kit (Thermo Scientific) according to manufacturer’s instructions. Prior the LC MS/MS analyses, samples were dissolved in 0.1% formic acid and 2% acetonitrile and transferred into micro-inserts sealed with aluminum caps. Prior to the analyses, peptides were quantified using Pierce quantitative fluorometric peptide assay (Thermo Scientific) according to manufacturer’s protocol. The concentration of peptides ranged from ∼3.3 to ∼43 ng μL–1. Thus, a 5 μL injection volume corresponded to 16 to 215 ng of peptides being analyzed in the LC MS/MS (described below).



Extracting Soluble Proteins From the Treatments’ Media

We have extracted and sequenced soluble proteins from the jelly-OM treatments by concentrating the fraction of media between 0.2 μm and 5,000 Da. Samples were taken from each of the replicate flasks at the peak of bacterial abundance (at 32 h in Experiment I) and during the decay phase of bacterial growth (at 84 h in Experiment II). Four L of media was filtered through 0.2 μm and concentrated to ∼250 μL in several concentration steps. First, the filtrate (i.e., the media <0.2 μm) was concentrated to 250 mL using a VivaFlow 200 with 30,000 Da Molecular Weight Cut-Off (MWCO) to collect the high molecular fraction (30,000 Da–0.2 μm). This was followed by a further concentration step using a VivaFlow 200 with 5,000 Da MWCO to collect the low molecular fraction (5,000–30,000 Da) at ∼1.75 bar pressure and ∼200 mL min–1 flow rate according to manufacturer’s instructions (Sartorius). The high and low molecular fraction were further brought down to 250 μL using an Amicon Ultra-15 Centrifugal Filter 30,000 Da MWCO and 3,000 Da MWCO Unit (Merck-Millipore). NuPAGE sample reducing agent (Invitrogen) was added to samples to reach 1× final concentration. These samples were stored at −20°C until further processing.

Proteins were precipitated with nine volumes of 96% EtOH at −20°C overnight. Pellets were resuspended with 50 mM TEAB buffer (Sigma) and proteins were quantified using Pierce 660 nm Protein Assay Reagent (ThermoFisher). Thereafter, cysteines were reduced and alkylated as described above, followed by another protein precipitation with nine volumes of 96% EtOH at −20°C overnight. Again, pellets were resuspended in 50 mM TAB, followed by overnight in-solution trypsin (Roche) digestion (1:100, w/w) at 37°C. TFA was added to the samples at 1% final concentration to terminate trypsin digestion. Samples were desalted using Pierce C18 Tips (Thermo Scientific) according to the manufacturer’s protocol. Prior the LC MS/MS analyses, pellets were dissolved in 0.1% formic acid and 2% acetonitrile and transferred into micro-inserts sealed with aluminum caps. Before the run, the concentration of peptides was measured using Pierce Quantitative fluorometric peptide assay (Thermo Scientific). Concentration of peptides ranged from ∼14 to ∼100 ng μL–1. Thus, with 5 μL injection volume into the LC MS/MS between 70 and 500 ng of peptides were sequenced.



LC-MS/MS Analysis and Peptide Identification

LC-MS/MS analysis and peptide identification were performed as previously described in detail (Bayer et al., 2019a) with slight modifications. For details see Supplementary Material S Info 4. The MS/MS spectra from each proteomic sample was searched using MASCOT engines against the A. aurita transcriptome (accession GBRG00000000, Brekhman et al., 2015) and validated with Percolator in Proteome Discoverer 2.1 (Thermo Fisher Scientific) by employing the settings described in Hansen and Koroleff (2007). Briefly, to reduce the probability of false peptide identification, the target–decoy approach was used and results <1% FDR at the peptide level were kept (Elias and Gygi, 2007). A minimum of two peptides and one unique peptide was required for protein identification. Protein quantification was conducted with a chromatographic peak area-based label-free quantitative method (Zhang et al., 2015). The proteomic raw data were deposited at ProteomeXchange under accession number PXD021342 and at jPOST under accession number JPST000960.



Chemical Analysis


Particulate and Dissolved Organic Carbon and Nitrogen

Samples for particulate and dissolved organic carbon (POC and DOC, respectively) and particulate and total dissolved nitrogen (PN and TDN, respectively) were filtered onto combusted Whatman GF/F (∼0.8 μm pore size) filters using acid-, Milli-Q water rinsed and a combusted glass filtration system. GF/F filters were stored at −20°C until analyzed for POC and PN by combustion at 1,150°C with an elemental analyzer (Vario Micro Cube, Elementar) with a 3% accuracy. Approximately 30 mL of the GF/F filtrate was collected into acid-, Milli-Q water rinsed and combusted glass vials and acidified with 12 M HCl (∼100 μL per ∼20 mL of sample) to reach a final pH <2 and stored at 4°C until analysis. DOC and TDN analyses were performed by a high temperature catalytic method using a Shimadzu TOC-L analyzer equipped with a total nitrogen unit (Hansell et al., 1993). The calibration for non-purgeable organic carbon was done with potassium phthalate and for TDN potassium nitrate was used. The results were validated with Deep-Sea Reference (DSR) water for DOC (CRM Program, Hansell Lab). The precision of the method, expressed as RSD% was <2%.



Dissolved Inorganic Nutrients

Dissolved inorganic nitrogen (NH4+, NO2–, NO3–) and dissolved inorganic phosphorus (PO43–) concentrations were determined spectrophotometrically by segmented flow analysis (QuAAtro, Seal Analytical) following standard methods (Hansen and Koroleff, 2007). The validation and accuracy of the results were checked with reference material (KANSO CO., LTD.) before and after sample analyses. The quality control is performed annually by participating in an intercalibration program (QUASIMEME Laboratory Performance Study).



Dissolved Amino Acid Analysis

Samples for total dissolved amino acid analyses were filtered through combusted Whatman GF/F filters using acid-, Milli-Q water rinsed and combusted glass filtration systems. Approximately 4 mL of filtrate was collected in dark glass vial and stored at −20°C until analysis. For each sample two technical replicates were collected. Samples were analyzed for dissolved free amino acids (DFAA) and TDHAA. The concentration of dissolved combined amino acids (DCAA) was calculated as the difference between TDHAA and DFAA. Samples for TDHAA analysis were hydrolyzed as described by Kaiser and Benner (2005) with some modifications (for details see Supplementary Material S Info 3).

For DFAA analysis, 500 μL of sample was directly pipetted into acid-, Milli-Q water rinsed and combusted glass HPLC ampules and analyzed in the same way as total hydrolyzable dissolved amino acids (THDAA) samples. Analysis was performed on a Shimadzu Nexera X2 ultra high-performance liquid chromatograph (UHPLC) with a fluorescence detector (RF-20A XS). Pre-column derivatization was applied with ortho-phthalaldehyde (OPA) according to the protocol of Jones et al. (1981), with slight modifications. For further details on the analysis of dissolved amino acids see Supplementary Material S Info 3.



Statistical Analysis

Statistical analysis was performed to evaluate the effect of jelly-OM enrichment on chemical and microbiological parameters in our batch experiments using 2-sample t-test at 95% confidence interval and assuming homoscedasticity and normality of the data. The statistical difference between measured parameters in triplicate jelly-OM vs triplicate control treatments was analyzed at each time point of each experiment. When possible, i.e., at overlapping time points, the statistical difference between measured parameters in the jelly-OM vs control treatments from the two experiments was analyzed (in this case six replicates from each treatment at overlapping time points were compared). Results were considered significantly different at p < 0.05. All statistical analyses were done using VEGAN and STATS package in R Studio R version 3.5.2 (2018-12-20)3.



RESULTS


Chemical Characterization of Jellyfish Detritus

The jellyfish dry material (jelly-DM) used in our experiments consisted of pooled freeze-dried biomass of 27 A. aurita s.l. individuals in moribund state collected in different areas of the Gulf of Trieste in the northern Adriatic Sea during the senescent phase of their spring bloom in the year 2018. The biomass of 27 moribund individuals was pooled to obtain a representative sample of a decaying jellyfish population from the study area. In this way we also avoided possible biases arising from variations in size of different individuals within the population. The rationale behind using freeze-dried material was to preserve its biochemical properties and to ensure homogeneity of the material and thus, reproducibility of the experiments. In this way, our approach ensured that we obtained a representative subsample of a decaying jellyfish biomass, which potentially becomes available to the ambient microbial community in the northern Adriatic Sea, where A. aurita regularly forms blooms in the spring – summer period (Kogovšek et al., 2010).

The average dry mass (±SD) of A. aurita specimens was 11 ± 4 g (Supplementary Table S1) and the mean carbon (C) and nitrogen (N) content of jellyfish organic matter (i.e., jelly-OM or dry mass of dialyzed material (>1,000 Da), see Supplementary Material S Info 1) was 26.5 ± 2.9% and 6.7 ± 0.7%, respectively, resulting in an average C:N molar ratio of 4.6 ± 0.1.

We performed jellyfish leaching experiments to determine the concentration and composition of the particulate (>0.8 μm) and dissolved (<0.8 μm) organic matter (POM and DOM, respectively) and inorganic nutrients leaching from jelly-DM. The analysis of jelly-POM (>0.8 μm) revealed that on average (±SD) 49 ± 8% of the total organic jelly-C was in the form of particulate organic carbon (POC) and 49 ± 4% of the total jelly-N was particulate organic nitrogen (PON) (Table 1). Thus, the C:N ratio of jelly-POM was 3.2 ± 0.7. The analysis of jelly-DOM fraction revealed that 0.44 ± 0.03 μmol of DOC (mg jelly-DM)–1 d–1 and 0.13 ± 0.01 μmol of TDN (mg jelly-DM)–1 d–1 was released into the ambient water, with a C:N ratio of 3.4 ± 0.1:1 (Table 1). The sum of the released POC and DOC fraction represents the total organic carbon (TOC) released from the jelly-DM amounting to 0.86 ± 0.03 μmol (mg jelly-DM)–1 d–1 or, expressed as weight by weight, 10.35 ± 0.39 μg of TOC (mg jelly-DM)–1 d–1. Thus, the released TOC represents ∼1% of freeze-dried jelly-DM used in our study, which is in agreement with previous studies (Kogovšek et al., 2014). The jelly-TDN pool consisted to >90% of dissolved organic nitrogen (DON), while the remaining 10% was dissolved inorganic nitrogen (DIN = NH4+ + NO3– + NO2–) consisted to 70% of NH4+ (Table 1). In addition, 6.0 ± 0.1 nmol PO43– and 109 nmol of TDHAA were released per mg jelly-DM d–1. Approximately 55% of the TDHAA was in the form of dissolved free amino acids (DFAA) (Supplementary Table S4). The most abundant amino acid species in the DFAA pool was glycine, followed by the sulfonic acid taurine, representing 41.9 and 37.8 mol% of the DFAA pool, respectively. Within the jelly-DCAA pool, the most abundant amino acid was Glx (i.e., the sum of glutamic acid and glutamine) with 30.3 mol%, followed by glycine (24.6 mol%), alanine (15.6 mol%) and Asx (i.e., sum of aspartic acid and asparagine) with 11.1 mol% (Supplementary Table S4). All other amino acid species contributed <10 mol% of the jelly-DCAA pool (Supplementary Table S4).


TABLE 1. Release rates of POC, PN, DOC, TDN, DIN, DON, NH4+, NO3–, NO2–, and PO43– expressed in μmol released (mg of jelly-DM)–1 d–1.

[image: Table 1]The dialysis of jelly-DM revealed that most jelly-DOM was composed of high molecular weight compounds (HMW, >1,000 Da), as low molecular weight compounds (LMW, <1,000 Da, i.e., dialyzate) represented only about 6% of the total jelly-DOC and only about 9% of the total jelly-TDN pool (Supplementary Table S2).

We have extracted and identified 10,966 soluble jellyfish proteins from 100 mg of jelly-DM using a proteomics approach (see “Materials and Methods”). Clusters of orthologs groups (COG) functional categories could only be assigned to 26% of the annotated proteins (Supplementary Figure S3). The most abundant proteins with functional categories assigned were associated with posttranslational modification, protein turnover, chaperones (O) and cytoskeleton (Z), followed by proteins associated with signal transduction mechanisms (T), translation, ribosomal structure and biogenesis (J), and proteins with unknown function (S) (Supplementary Figure S3). However, by blasting against the NR database, 6978 (or 74% proteins of all retrieved protein sequences) could be annotated and 2,820 unique proteins assigned (Supplementary Table S5). Among these, the most abundant hits were fibrillin-like (8%), myosin-like (7%), actin-like (3%), ubiquitin-like (3%), ribosomal (3%), and collagen-like (1%) proteins (Supplementary Table S5).



Microbial Consortia Degrading Jellyfish Detritus

Two short-term microcosm experiments were conducted to follow the microbial degradation of jellyfish detritus and the dynamics of the jellyfish-degrading microbial community over time. Based on the long-term monitoring of A. aurita populations in the northern Adriatic (T. Kogovšek and A. Malej, unpublished data) and the average dry mass of collected moribund jellyfish, we estimated that during the decay of the bloom the ambient marine microbiota experiences about 100 mg of jelly-DM L–1 (see section “Materials and Methods” for details on the setup of the jellyfish degradation experiment). The addition of 100 mg jelly-DM L–1 in the jelly-OM’s treatments resulted in an enrichment of 38.4 ± 10.7 μmol L–1 of DOC and 15.9 ± 0.5 μmol L–1 of TDN (Figures 1B,D), which fits remarkably well with the results from our jelly-DM leaching experiment (Table 1).
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FIGURE 1. (A) Abundance of the bacterial community in the jelly-OM (filled circle) and control (circle) treatment and the percentage of respiring (R) and HPG incorporating (HPG) bacteria in the two jellyfish degradation experiments (average of both experiments ± SD), together with the percentage of respiring and HPG incorporating Pseudoalteromonas (P), Alteromonas (A), and Vibrio (V) and other bacterial populations (Others) within the active microbial community at T0, in the late exponential (at 32 h, Experiment I) and decay phase of bacterial growth (at 84 h, Experiment II), MAB stands for Metabolically Active Bacteria; (B) DOC in the jelly-OM (filled square) and control (square) treatments; (C) TDHAA, DCAA and DFAA in the jelly-OM (filled diamond) and TDHAA in control (diamond) treatments; (D) TDN, DON and DIN in the jelly-OM (filled circle) and TDN in control (circle) treatments; (E) NH4+ in the jelly-OM (filled diamond) and control (diamond) treatments; (F) PO43– in the jelly-OM (filled triangle) and control (triangle) treatments in the two jellyfish degradation experiments (average of both experiments ± SD). In panels (B, E, F) J stands for jelly-OM treatment and C stands for control treatment without jelly-OM amendment.


The abundance of the microbial community in the jelly-OM treatments was at the beginning of the incubation experiment 5.7 ± 1.1 × 105 cells mL–1, with 54 ± 14% of the bacteria respiring, as determined by the Redox Sensor Green approach combined with FISH (Figures 1A, 2A,B). Using the methionine analog HPG and click chemistry coupled with the FISH method, 48 ± 23% of the bacteria were taking up HPG (Figures 1A, 2C–F).
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FIGURE 2. Epifluorescence microscopy images of respiring (A, B) and bacterial populations taking up HPG (C–F) at the late exponential phase (A, C, D) and the senescent phase (B, E, F) in the jelly-OM treatment. Red colored cells – bacteria hybridized with FISH probe and stained with DAPI, green colored cells – bacteria hybridized with FISH probe, stained with DAPI and incorporating HPG (C–F) and Redox Sensor Green (A, B).


Based on taxonomic profiling of metagenomic data, the coastal microbiome was diverse (Supplementary Table S6) and dominated by Alphaproteobacteria (61% of bacteria classified at class level, mostly Pelagibacteriaceae), followed by Gammaproteobacteria (27%, mostly Alteromonadaceae) and Flavobacteria (5%) (Supplementary Figure S4). This ambient microbial community responded rapidly to the jelly-OM amendment in both experiments. The average community growth rate based on the increase in cell abundance over time during exponential growth was 0.09 ± 0.01 h–1 (Table 2). The microbial community (98 ± 18% were bacteria) reached its peak abundance already after 12 and 32 h in the jelly-OM treatment in Exp I and Exp II, respectively (Figure 1A and Supplementary Table S7).


TABLE 2. Bacterial community growth parameters (average ± SD) of three biological replicates per treatment (jelly-OM vs control) of each of the two jelly-OM degradation experiments (Experiment I and Experiment II) and of both experiments combined (average ± SD) of six biological replicates per treatment (jelly-OM vs control) with p-values (Student’s t-test).

[image: Table 2]The jelly-OM supported growth of the bacteria resulting in a less diverse community than in the control treatment and in the coastal microbiome, composed mainly of Gammaproteobacteria (>89%), with Pseudoalteromonadaceae, Alteromonadaceae, and Vibrionaceae accounting for ∼86% of all Gammaproteobacteria, as taxonomic profiling of metagenomic data revealed (Supplementary Figure S4). The abundance and growth rates of the community in the unamended control flasks were significantly lower than in the jelly-OM treatment in both experiments (t-test: p < 0.001 and p < 0.01 in Exp I and Exp II, respectively) (Table 2 and Supplementary Table S7). The community growing in the control flasks was composed mainly of Gammaproteobacteria (64%), but also a considerable fraction of bacteria was affiliated with Alphaproteobacteria (28%) (Supplementary Figure S4).

We constructed 84 MAGs from the metagenomic co-assembly (of the coastal microbiome and the communities of the jelly-OM and control treatment). By mapping the reads back to the MAGs, we found that the relative abundance (the percentage is based on the RPM of specific MAG divided by the sum of RPM of all MAGs, i.e., RPM-based abundance) of some of the 84 MAGs increased in the jelly-OM treatment, mainly due to MAGs affiliated with Gammaproteobacteria (Supplementary Figure S5). We identified Alteromonas (with a single genomic bin representing 43% of all MAGs in the jelly-OM treatment), Pseudoalteromonas (with two MAGs, representing together 39% of all MAGs in the jelly-OM treatment) and Vibrio (with a single genomic bin representing 7% of all MAGs in the jelly-OM treatment) as major jelly-OM degraders (Supplementary Figure S5). These dominant MAGs together represented 88% of all MAGs at the peak of the bacterial abundance in the jelly-OM treatment. At the same time, the sum of their relative abundance represented <15% of MAGs in the control treatment and <0.2% of the MAGs of the coastal microbiome used as an initial inoculum, in agreement with the taxonomic profile of the metagenomic data (Supplementary Figures S4, S5).

The taxonomic profiling of the metagenomes resembled the abundance data obtained by the microscopy-based FISH analysis. At the peak of the bacterial abundance in the late exponential phase, 50 ± 16% of the bacteria in the jelly-OM treatment were identified as Pseudoalteromonas, 31 ± 10% as Alteromonas and 11 ± 2% as Vibrio, together representing >90% of all bacteria detected (Supplementary Table S7). The abundance of Pseudoalteromonas, Alteromonas, and Vibrio populations was significantly lower in the control than in the jelly-OM treatment (t-test: p < 0.01, p < 0.001, and p < 0.001, respectively) and in the coastal microbiome they represented only 9 ± 4%, 8 ± 0.7%, and 3 ± 1.7%, respectively, of all bacteria (Supplementary Table S7). Thus, in the jelly-OM treatment the populations of Pseudoalteromonas, Alteromonas, and Vibrio increased 70-, 77-, and 100-fold in their absolute abundance, respectively compared to their contribution in the initial inoculum.



Microbial Processing of the Jellyfish DOC Pool

During the exponential growth of bacteria in the batch cultures amended with jelly-DM DOC decreased by 24.8 ± 16.1 μg C L–1 h–1 (Table 2). Assuming that the bacterial metabolism was only fueled by DOC, the decrease in DOC resembles the heterotrophic bacterial carbon demand (BCD). The BCD represents the sum of the amount of carbon consumed for the synthesis of new bacterial biomass, i.e., bacterial production, and the amount of carbon respired. From the increase of bacterial biomass (assuming a C-content of 19.8 fg C cell–1, Lee and Fuhrman, 1987) during the exponential growth phase, a bacterial production of 13.6 ± 3.9 μg C L–1 h–1 was calculated (Table 2). The difference between the BCD and the bacterial C-biomass production is essentially bacterial respiration amounting to 11.1 ± 16.9 μg C L–1 h–1 (Table 2), based on six biological replicates of the jelly-OM treatment from both experiments. While bacterial production was significantly higher in the jelly-OM than in the control treatment (t-test: p < 0.0001), there was no significant difference in bacterial respiration between jelly-OM and the control treatment (Table 2). The similar respiration rate in the jelly-OM and the control treatment, however, might be caused by the variability in DOC concentrations in the biological replicates in the jelly-OM in Experiment I (Supplementary Table S9). Likewise, the high variability of the respiration rates in the jelly-OM treatments is likely due to the heterogeneity of the jelly-DOC pool among the six biological replicates. The bulk bacterial growth efficiency (BGE) calculated from the increase in bacterial abundance converted to biomass production and the decrease in DOC concentration was 65 ± 27% in the jelly-OM and 4.6 ± 6.9% in the control treatment (t-test: p < 0.001, Table 2).

To determine the abundance of respiring bacteria, we combined the redox dye Redox Sensor Green as an indicator of bacterial reductase activity with the FISH approach (Figures 2A,B). To determine the abundance of biomass producing bacteria, we determined the incorporation of the methionine analog, HPG into bacterial proteins, combining click chemistry and FISH (Figures 2C–F). At the peak of the bacterial abundance in the jelly-OM treatments, 98 ± 12% of bacteria were respiring, with Pseudoalteromonas representing 50 ± 6%, Alteromonas 37 ± 4%, and Vibrio 12 ± 1% of the respiring bacterial community (Figures 1A, 2A and Supplementary Table S8). At the same time, 99 ± 29% of the bacteria incorporated HGP, with Pseudoalteromonas contributing 53 ± 14%, Alteromonas 28 ± 7%, and Vibrio 11 ± 3% to the HPG incorporating bacteria (Figures 1A, 2C,D and Supplementary Table S8).

After the bacterial community entered its stationary phase at ∼46 h, the microbial abundance decreased to 1.2 ± 0.4 × 106 cells mL–1 until the end of the experiment (at 84 h) with 71 ± 7% identified as bacteria using FISH (Figure 1A and Supplementary Table S7). Even at the end of the batch culture incubations, the abundance of metabolically active bacteria was still significantly higher in the jelly-OM than in the control treatment (t-test: p < 0.05 and p < 0.01 for respiring and biomass producing bacteria, respectively), except for Alteromonas, which was equally contributing to the respiring population in both treatments (Supplementary Table S8). In the senescent phase, most bacteria were aggregated and the composition of the metabolically active bacterial community shifted. The respiring population of Pseudoalteromonas decreased to 4 ± 1% of the respiring bacterial community and Vibrio to 6 ± 2%, while Alteromonas represented almost half of the respiring community (47 ± 12%) (Figures 1A, 2B and Supplementary Table S8). Therefore, other microbial populations not targeted with the FISH probes were likely contributing to the respiring bacterial community.

In contrast to the respiring bacterial community, the HPG incorporating bacteria in the senescent phase were still dominated by Pseudoalteromonas (41 ± 0.2%), Alteromonas (29 ± 0.1%), and Vibrio (29 ± 0.1%) in the jelly-OM treatment (Figures 1A, 2E,F and Supplementary Table S8). The rapid decay of bacterial populations in the senescent phase of the batch cultures was probably caused by viral and/or protist grazing, as virus-like particles reached twice the bacterial abundance shortly after its peak at ∼46 h (Supplementary Figure S6A). At the same time, an increase of respiring protists was observed in the jelly-OM treatments (personal observation, Supplementary Figure S6B). As the bacterial community entered its senescence phase, the concentration of DOC in the jelly-OM treatment decreased and fluctuated only slightly until the end of the experiment after 84 h to concentrations similar to that of the control treatments (Figure 1B). The abundances of respiring and HPG incorporating bacterial populations were significantly lower in the control than in the jelly-OM treatments throughout the experiment (t-test: p < 0.001 and p < 0.01 for respiring and biomass producing bacteria in the late exponential phase, respectively, and p < 0.05 and p < 0.01 for respiring and biomass producing bacteria in the decay phase, respectively; Supplementary Table S8).



Microbial Processing of Jellyfish Proteins

The soluble proteins were extracted from the 0.2 μm – 5000 Da protein fraction of the jelly-OM treatments at the peak of the bacterial abundance (at the end of the Experiment I, at 32 h) and at the senescent phase of bacterial growth (at the end of the Experiment II, at 84 h). We used the peptide spectrum matches (PSMs) divided by the number of amino acid residuals as a proxy for the absolute abundance of peptides (i.e., PSMs/AAs). By summing up the PSMs/AAs values of all the jellyfish proteins detected at a given time point, we followed the changes in the jellyfish protein abundance throughout the experiments (Figure 3).
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FIGURE 3. Soluble jellyfish proteins (A, D) detected in the 0.2 μm–5,000 Da fraction of the media at the beginning of the experiment in the jelly-OM treatments (B, E) in the late exponential phase and (C, F) in the senescent phase of the bacterial growth. For each peptide the absolute peptide spectrum matches/number of amino acid residuals (PSMs/AA) value is provided (A–C) and its relative abundance (D–F) is calculated as the percentage of all the jellyfish proteins detected in the initial jelly-OM (A) and at the given time point (B, C). Only peptides >1% of relative abundance at any given time point are presented.


The obtained protein sequences screened against the A. aurita transcriptome (Brekhman et al., 2015) indicated that at the end of the exponential growth bacteria had consumed >97% of the soluble jellyfish proteins detected in the initial jellyfish protein pool (calculated from the decrease of the sum of the PSM/AAs of all the jellyfish proteins from 203.45 at the beginning the experiment to 5.56 at 32 h, Supplementary Table S5). The soluble jellyfish proteins still detectable in the media in the late exponential phase of bacterial growth mainly consisted of non-ribosomal peptide synthetases (>54%), followed by ubiquitin-like proteins (>14%), serine protease (5%), fibrillin-like (4%), collagen alpha chain-like proteins (4%), polyubiquitin-like (2%), actin-like proteins (1%), uncharacterized proteins (3%) and others (<1% of relative abundance) (Figure 3 and Supplementary Table S5). By the time when bacteria entered the senescent phase, <0.1% of jelly-OM proteins were left in the media (calculated from the decrease of the sum of the PSM/AAs of all the jellyfish proteins from 203.45 at the beginning of the experiment to 0.13 at 84 h, Supplementary Table S5). The remaining protein pool was mainly composed of actin-like proteins (38%), titin-like proteins (18%), roundabout homolog 1-like (12%), hemicentin-like (10%), granulin (3%), mesoglein (1%), uncharacterized proteins (12%), and some others (mostly <1% in relative abundance) (Figure 3 and Supplementary Table S5).



Microbial Processing of the Jellyfish Amino Acid Pool

About 90% of jelly-DON was identified as DFAA and DCAA (Table 1 and Supplementary Table S4). By adding 100 mg of jelly-OM L–1, we supplied the ambient bacterial community with about 8-times higher concentrations of TDHAA than present in the northern Adriatic seawater (Figure 1C). In contrast to the jelly-TDHAA pool consisting to 55% of DFAA, the northern Adriatic TDHAA pool was mainly composed of DCAA (88 ± 10%) (Figure 1C and Supplementary Figure S2B). Despite the overall TDN accumulation, jelly-TDHAA decreased in the jelly-OM treatments during the incubation experiment (Figure 1C). By the end of the exponential growth phase, bacterial net consumption of the jelly-AA pool amounted to 70% of the initial pool, corresponding to a net uptake rate of 186 ± 9 nmol L–1 h–1 (Figure 1C and Supplementary Figure S2). Initially, bacteria consumed mainly the DFAA fraction, decreasing the jelly-DFAA pool by 46 ± 13% within the first 6 h. When the bacterial community entered the stationary phase (∼46 h), 97 ± 1% of the originally available jelly-DFAA pool was consumed, corresponding to a net consumption rate of 103 ± 9 nmol L–1 h–1 (Figure 1C). During the exponential growth, bacteria consumed more than 99% of the most abundant jelly-DFAA species (Supplementary Figure S2). Glycine was consumed at a rate of 52.1 ± 0.1 nmol L–1 h–1 and taurine at the rate of 47.1 ± 0.01 nmol L–1 h–1 (Supplementary Figure S2). At the same time, however, an accumulation of some DFAA species was detected, probably resulting from bacterial degradation of jellyfish proteins. Leucine accumulated at a net rate of 148 ± 9 nmol L–1 h–1, reaching a concentration of 3.9 ± 0.2 μmol L–1 after 32 h (Supplementary Figure S2). After the DFAA pool was depleted, the DCAA pool was consumed by the bacterial community at a net rate of 152 ± 37 nmol L–1 h–1, leaving only 15 ± 2% of the original jelly-DCAA after the first 24 h when bacteria entered late exponential phase (Figure 1C and Supplementary Figure S2). The concentration of DFAA and DCAA was significantly lower in the control than in the jelly-OM treatments during the late exponential phase of bacterial growth (t-test: p < 0.001 and p < 0.05 for Exp I, p < 0.05 and p < 0.01 for Exp II).

When the bacterial community entered the senescent phase, the concentration of amino acids started to increase slightly with a net rate of 10 ± 7 nmol L–1 h–1 due to the increase in DCAA concentrations at a net rate of 13 ± 7 nmol L–1 h–1 (Figure 1C and Supplementary Figure S2). At the same time, the DFAA pool decreased at a net rate of 3.1 ± 0.5 nmol L–1 h–1 (Figure 1C and Supplementary Figure S2). At the end of the experiment (from 80 to 84 h), between 1.3 ± 0.1 and 1.4 ± 0.3 μmol L–1 or about 13% of the initial jelly-TDHAA pool was left in the media, which is significantly higher than the 0.5 ± 0.1 μmol L–1 TDHAA concentrations measured in the control treatment after 80 h (t-test: p < 0.01) and slightly higher than the concentrations measured in the seawater prior to the experiment (1 μmol L–1) (Figure 1C). In the jelly-OM treatment, the remaining amino acid pool consisted of DCAA (96 ± 2%) and dissolved free tryptophan, which was gradually increasing from the stationary to the senescent phase of bacterial growth with a net accumulation rate of 3.8 ± 0.5 nmol L–1 h–1, representing 86 ± 3% of the DFAA pool at the end of the experiment (Supplementary Figure S2).



Microbial Processing of the Jelly-TDN and -P Pool

The jelly-TDN pool was composed to >90% of DON (Table 1). In the jelly-OM treatments, the DOC:DON ratio increased from 3.4 ± 0.1 at the start of the experiments to 5.5 ± 0.6 during bacterial exponential growth (Supplementary Figure S7). Jelly-DON was consumed at a net rate of 0.12 ± 0.01 μg N L–1 h–1 during this exponential growth phase (Figure 1D). At the same time, DIN accumulated in the media at a net rate of 0.52 ± 0.05 μg N L–1 h–1 in the jelly-OM treatment (Figure 1D). Until the end of the exponential growth phase (at 32 h), the average net accumulation rate of TDN was 0.58 ± 0.05 μmol TDN L–1 h–1 (Figure 1D). The TDN continued to accumulate even when the bacterial community entered the senescent phase with a net accumulation rate of 0.51 ± 0.05 μmol TDN L–1 h–1, reaching 67.7 ± 2.3 μmol TDN L–1 at the end of the experiment (after 84 h). At the end of the experiment, the concentration of DON and DIN was approximately equal. DON accumulated with a net rate of 0.39 ± 0.08 μmol L–1 h–1, while the net accumulation of DIN was largely due to NH4+ accumulating at a net rate of 0.29 ± 0.02 μmol NH4+ L–1 h–1, accounting for 80% of the total DIN pool at the end of the experiment in the jelly-OM treatments (Figure 1E).

Not only NH4+, but also PO43– accumulated in the jelly-OM treatments at a net rate of 0.016 ± 0.001 μmol PO43– L–1 h–1. Toward the end of the experiment, when bacteria entered the senescent phase, 1.4 ± 0.1 μmol PO43– L–1 was measured in jelly-OM treatments (Figure 1F). The TDN concentration and PO43– were significantly lower and changed only slightly in the control treatments (t-test: p < 0.0001, Figures 1D–F).



DISCUSSION


Jellyfish in the Framework of the Ocean’s Detrital Pool

Most studies on the utilization and degradation of detrital particles have focused on detritus of (micro)algae, crustacean zooplankton and appendicularians (Anderson et al., 2017). However, jellyfish detritus represents a substantially fraction of the marine detrital pool, particularly at a regional scale during the decay of massive bloom events, especially in coastal marine ecosystems (Lucas et al., 2014; Lebrato et al., 2019).

In this study, we provide a comprehensive characterization of detritus of a cosmopolitan coastal bloom-forming jellyfish, the meroplanktonic scyphozoan A. aurita s.l. Based on the C:N ratio, the pool of detrital OM used in our study was well within the range reported for the populations present in the Adriatic Sea (Kogovšek et al., 2014) and slightly higher than the average values reported for the order Semaeostomeae (Cnidaria, Scyphozoa) (3.75 ± 0.31, Lucas et al., 2011). Hence, the jelly-OM we used in this study is representative for a A. aurita population. Unfortunately, there are no data on the relationship between the C:N ratio, biochemical composition and different health condition of mature medusae (e.g., healthy individuals vs. moribund). Hence, it is difficult to evaluate whether the jelly-OM used in our study is in fact representative of a decaying jellyfish population. Nevertheless, from what is known it seems that the content of proteins, carbohydrates, free amino acids and OM as a whole gradually decreases with an increase in size and thus possibly with maturity of individuals (Lucas, 1994; Anninsky, 2009).

Our analysis revealed that about half of the OM in the jellyfish detritus is rapidly leaching into the ambient water and thus, available as DOM (<0.8 μm) and consequently, exclusively and readily accessible to microbes. This has important implications for the cycling and fate of this OM pool in the ocean and implies that a considerable fraction of this jelly-OM is utilized in the water column. Larger jellyfish detrital particles are accessible to large organisms [i.e., scavengers and zooplankton (Giering et al., 2014)] and subjected to physical forces fragmenting the jelly-POM into slow-sinking particles. Our data indicate, however, that about half of jellyfish detrital matter, its DOM fraction, might be consumed and degraded solely by pelagic microbial communities (Tables 1, 2). We also found that low molecular weight jelly-DOM (<1,000 Da) represents <10% of the jelly-DOM pool, implying that most jelly-DOM is composed of complex polymeric compounds (Supplementary Table S2).

The low C:N ratio of jelly-OM is indicative of its proteinaceous character, in agreement with previous studies reporting that jelly-OM is composed mostly of proteins (70 ± 14%), followed by lipids (22 ± 12%) and carbohydrates (7 ± 5%) (Anninsky, 2009; Pitt et al., 2009; Merquiol et al., 2019). Our detailed analysis of the soluble protein pool of jellyfish detritus revealed that it is composed mostly of proteins associated with elasticity (fibrillin-like), muscle contraction (myosin-, actin-like), structural proteins (collagen-like), but also by many others, in line with the A. aurita transcriptome profile of adult stage medusae (Brekhman et al., 2015). In contrast to jellyfish, fresh detritus of phytoplankton origin has a C:N ratio of ∼6.6 (Redfield et al., 1963) and is on average composed to 40 ± 7% of proteins, 26 ± 14% of carbohydrates, and 15 ± 8% of lipids (Rios et al., 1998). The C:N ratio of crustacean zooplankton varies between 4.8 and 6.2, with proteins accounting from 20 to 70%, lipids from 0.5 to 74% and free amino acids, chitin and carbohydrates between 2 and 10% of dry weight (Ventura, 2006). Hence, in contrast to crustacean zooplankton, jellyfish have, on average, 50% less lipids and lack a chitinous exoskeleton (Pitt et al., 2013). Altogether, this indicates that jellyfish detritus differs substantially from detritus of both phytoplankton and crustacean zooplankton origin. Furthermore, the composition of jellyfish detritus implies that it represents a high quality and easily degradable substrate for heterotrophic marine bacteria (Benner, 2002) that could become available to ambient water microbial communities in large quantities at the demise of jellyfish blooms.

We have simulated the scenario potentially experienced by coastal pelagic microbial communities after a decay of a jellyfish bloom under controlled laboratory conditions. This approach allowed us not only to follow the response of a coastal microbiome to this specific type of detrital material, but also to attribute the recorded degradation/remineralization rates of jellyfish-compounds to metabolic activities of key microbial populations involved in this process. During a typical bloom of A. aurita in the coastal northern Adriatic there are on average 10 individuals per m3, with each having a dry mass of ∼ 10 g. This would mean an enrichment of about 100 g of jelly-DM m–3. If we assume 2% of C for freeze-dried material (Kogovšek et al., 2014), this means an enrichment of 2 g organic C m–3, which is well within the range reported for coastal ecosystems globally (Lucas et al., 2014).

Our results show that during a decay of a typical A. aurita bloom in the northern Adriatic Sea, when approximately 100 mg of jelly-DM L–1 are released, ∼44 μmol L–1 of DOC, 13 μmol L–1 of TDN (mostly DON compounds), 11 μmol L–1 of THDAA (∼55% as DFAA with a considerable amount of free glycine and taurine) and a substantial amount of PO43– (0.6 μmol L–1) becomes potentially accessible to the coastal marine microbiome. This significant pulse of labile DOM, with a C:N ratio of 3.4 ± 0.1, and inorganic nutrients represents an important perturbation for pelagic microbial communities, in particular in oligotrophic and/or P-limited marine systems like, e.g., the northern Adriatic Sea (Mozetič et al., 2010; Klun et al., 2019).



Jellyfish Detritus Is Rapidly Degraded by a Simple Consortium of Opportunistic Bacteria

The addition of jellyfish detrital matter supported rapid growth of the bacterial community with growth rates of ∼2 d–1, which are similar or higher than previously reported (Titelman et al., 2006; Tinta et al., 2012; Blanchet et al., 2015). These growth rates are considerably higher than global marine bacterial community growth rates reported for the epipelagic ocean (0.1–1 d–1, Ducklow and Kirchman, 2000).

However, not all bacteria thrived under these conditions. It appears that the jellyfish-degrading consortium is composed of specific opportunistic bacterial populations. A rapid shift (within 1.5 d) was observed in the bacterial community from a diverse coastal assemblage dominated by Alphaproteobacteria (resembling a typical assemblage for the region, Tinta et al., 2015) to a community of low diversity composed mainly of Gammaproteobacteria, with Pseudoalteromonadaceae, Alteromonadaceae, and Vibrionaceae accounting for ∼86% of all Gammaproteobacteria (Supplementary Figure S4 and Supplementary Table S6). The observed structural shift is in accordance with previous studies, consistently reporting a dramatic decrease of Alphaproteobacteria and a rapid increase of Gammaproteobacteria growing on fresh and labile jellyfish detritus followed by a succession of Bacteroidetes growing on more complex and presumably less-labile jellyfish OM (Tinta et al., 2012; Dinasquet et al., 2013; Blanchet et al., 2015).

By coupling taxonomic profiling of our metagenomic data with microscopy-based tracking of individual metabolically active bacterial populations of predominant MAGs, we show that the DOM fraction of A. aurita detritus can be degraded by a simple consortium composed of only three dominant gammaproteobacterial populations, Pseudoalteromonas, Alteromonas, and Vibrio (Supplementary Figure S4). This suggests that an abundant source of high quality and bioavailable DOM reduces the biodiversity of bacteria by favoring a small number of copiotrophs dominating the community (Kolmakova et al., 2019). These opportunistic populations accounted for >90% of all metabolically active (both respiring and HPG incorporating) bacteria in the jellyfish-degrading community and rapidly consumed almost the entire pool of jellyfish proteins (>98%), amino acids (∼70%) and jelly-DOC within ∼1.5 d, indicating a rapid turnover of jellyfish-DOM, including soluble proteins (Figures 1, 3 and Supplementary Figure S5, and Supplementary Table S5).



Bacteria Growing on Jellyfish-DOM Exhibit High Growth Efficiency

The simple bacterial consortium growing on jelly-OM exhibited a growth efficiency of 65 ± 27%, calculated based on the increase in abundance of bacteria during their exponential growth and the concurrent decrease in jelly-DOC (Figure 1, Table 2, and Supplementary Table S8). This growth efficiency greatly exceeds the bulk growth efficiency of oceanic surface water bacteria (15 ± 12%) and coastal bacterioplankton (27 ± 18%) areas (del Giorgio and Cole, 2000). Although the bacterial production was estimated from the increase in bacterial abundance during exponential growth in the jellyfish treatments, the bacterial production estimate is well within the range reported in previous studies on microbial degradation of A. aurita detritus applying the standard 3H-leucine incorporation method (Tinta et al., 2010, 2012; Blanchet et al., 2015). The similar bacterial production estimates in this and previous studies also indicates that the use of freeze-dried material, as used in this study, compared to that of homogenized jellyfish carcasses (Tinta et al., 2010, 2012) or the <0.2 μm fraction of jelly-DOM (Blanchet et al., 2015) induced a similar response of the bacterial community. However, we do acknowledge that the use of freeze-dried material might affect the rate of the processing this jelly-OM by increasing the surface area and thus the accessibility of this material to marine microbes.

The high BGE (65 ± 27%) indicates that jelly-OM is efficiently incorporated into bacterial biomass, which is then accessible to bacterial grazers. This has important implications for the fate and flux of jellyfish-derived OM and for marine ecosystem functioning and its biogeochemical state. In contrast, the study of Condon et al. (2011) found that most DOM released by jellyfish is respired by bacteria rather than incorporated into bacterial biomass. However, as also stated in Condon et al. (2011), there is a major difference between DOM released by jellyfish while alive (i.e., colloidal material with a C:N ratio of 25.6 ± 31.6:1, Condon et al., 2011; Dinasquet et al., 2013) and OM in jellyfish biomass and detritus (low C:N ratio and rich in proteins). In addition, the composition, stoichiometry and thus the bioavailability of jelly derived DOM might be species-specific (i.e., jelly-DOM of A. aurita in our study vs. Chrysaora quinquecirrha and ctenophores Mnemiopsis leidyi studied by Condon et al., 2011; Dinasquet et al., 2013). Yet, our findings contrast those of Blanchet et al. (2015) studying the response of the bacterial community from a coastal lagoon to the DOM fraction of A. aurita reporting a BGE <20%. The overall environmental conditions might affect the microbial response to jellyfish OM, as our study was performed with water collected from a coastal oligotrophic system (northern Adriatic), while the study of Blanchet et al. (2015) was conducted in a eutrophic lagoon. Also, Blanchet et al. (2015) used jellyfish DOM (<0.2 μm fraction) of juvenile medusae kept in captivity.



Bacterial Processing of Jellyfish Detritus Has Implications for the Biogeochemical Cycles

In our experiments, the C:N ratio of the DOM pool increased from 3.4 to 5.5 in the jelly-OM treatment within 1.5 d (Figures 1B,D and Supplementary Figure S7) and only ∼2% of all soluble jelly proteins were left in the media (Figure 3 and Supplementary Table S5). At the same time, bacteria consumed >70% of jelly-AA pool with net uptake rate of 186 ± 9 nmol L–1 h–1. Our results show that bacteria preferred the more easily accessible DFAA, since they consumed ∼97% of the originally available jelly-DFAA pool within first 2 d. Simultaneously, the accumulation of some DFAA species was detected (i.e., leucine reaching a concentration of 3.9 ± 0.2 μmol L–1 after 1.5 d, Supplementary Figure S2), probably resulting from bacterial cleavage of jellyfish proteins. The substantial release of DFAA, as a result of bacterial processing of jellyfish detritus, can have important implications for the functioning and biogeochemical state of the ecosystem. This is particularly true for coastal ecosystems, such as the northern Adriatic, where we showed that ambient AA pool is mostly (>88%) composed of DCAA (Figure 1C and Supplementary Figure S2B).

When bacteria entered the decay phase, only ∼0.1% of the jellyfish proteins from the originally present proteins were detected, indicating a rapid turnover rate of most soluble jellyfish proteins (Figure 3 and Supplementary Table S5). Some soluble jellyfish proteins (and likewise some jelly-DON compounds), in particular, actin- and titin-like proteins, are apparently more resistant to bacterial degradation (Figure 3 and Supplementary Table S5). At the same time, by-products of bacterial processing of proteinaceous jelly-OM were accumulating in the media as indicated by the increase in DCAA and tryptophan in the jelly-OM treatment (Figure 1 and Supplementary Figure S2). Tryptophan has been recognized as a major metabolite in particles down to 150 m depths (Johnson et al., 2020). Microbial utilization of jelly-OM resulted in an increase in NH4+ and PO43– in the batch cultures (Figures 1E,F), as previously reported (Tinta et al., 2010, 2012; Blanchet et al., 2015). Thus, the decay of jellyfish blooms in coastal waters might rapidly increase the concentrations of major inorganic nutrients, which, in turn, might lead to nuisance phytoplankton blooms in coastal waters. As jellyfish bloom decay occurs mainly in late spring and summer in temperate coastal waters when the water column is stratified and low turbulence conditions prevail in surface waters, ideal conditions are provided for bacterial utilization of jelly-OM to induce harmful phytoplankton blooms.



CONCLUSION

We found that about half of the jelly-OM pool consists of labile DOM, essentially exclusively accessible to marine microorganisms. The jelly-DOM pool is consumed within ∼1.5 d by a consortium of opportunistic bacteria, including the genera Pseudoalteromonas, Alteromonas, and Vibrio. Interestingly, these bacteria are frequently associated with living jellyfish, in particularly with the mucus covering the jellyfish body (Tinta et al., 2019). This jellyfish degrading bacterial consortium exhibits a high growth efficiency. This has important implications for the fate of jelly-OM, which is apparently efficiently retained in the pelagic food web. We estimate that half of the jelly-OM pool is degraded and incorporated into planktonic bacterial biomass and remineralized in the water column. This implies that the amount of jelly-OM reaching the seafloor is effectively reduced by microbial processing of jelly-OM in the water column.



DATA AVAILABILITY STATEMENT

All data needed to evaluate the conclusions of the article are present in the article and/or the Supplementary Material. Raw reads of all metagenomic DNA libraries were deposited at NCBI under the accession number PRJNA633735. The proteomic raw data was were deposited at ProteomeXchange under accession number PXD021342 and at jPOST under accession number JPST000960. Additional data related to this article may be requested from the corresponding author.



AUTHOR CONTRIBUTIONS

TT designed and conducted experiments, acquired data, performed data analysis, drafted, and submitted the final version of the manuscript. ZZ performed analysis of metagenomic and proteomic data. KK performed chemical analysis. AE conducted experiments and performed microscopy-based analysis. BB contributed and assisted with preparation of samples for metagenome sequencing. CA contributed and assisted with preparation of samples for microscopy-based analysis. LB performed UPLC-analysis. GJH designed experiments, drafted, and revised several versions of the manuscript. All authors contributed to the article and approved the submitted version.



FUNDING

TT received funding from the European Union’s Horizon 2020 Research and Innovation Program under the Marie Skłodowska-Curie Grant Agreement No. 793778. KK was funded by the Slovenian Research Agency (Research Core Funding No. P1-0237) and the European Union’s Horizon 2020 Research and Innovation Program under Grant Agreement No. 774499 – GoJelly project. CA was supported by Marie Skłodowska-Curie Grant Agreement No. 701324. BB was supported by the uni:docs Fellowship of the University of Vienna. Further support was provided by an Austrian Science Fund (FWF) grant under the number P28781-B21 to GJH.



ACKNOWLEDGMENTS

We thank Barbara Mähnert for help with experimental setup and Sonja Tischler for performing the mass spectrometry. We thank the staff of Marine Biology Station Piran and especially the crew of RV Sagita for their help with sampling. We would like to thank prof. Dr. Alenka Malej for her valuable comments.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fmicb.2020.590995/full#supplementary-material


FOOTNOTES

1
http://www.technobiology.ch/index.php?id=acmetool

2
www.viennabiocenter.org/facilities

3
www.r-project.org/


REFERENCES

Acuña, J. L., López-Urrutia, Á, and Colin, S. (2011). Faking giants: the evolution of high prey clearance rates in jellyfishes. Science 333, 1627–1629. doi: 10.1126/science.1205134

Anderson, T. R., Pond, D. W., and Mayor, D. J. (2017). The role of microbes in the nutrition of detritivorous invertebrates: a stoichiometric analysis. Front. Microbiol. 7:2113. doi: 10.3389/fmicb.2016.02113

Angel, R. (2012). Total nucleic acid extraction from soil. Protoc. Exch. doi: 10.1038/protex.2012.046

Anninsky, B. E. (2009). “Organic composition and ecological energetics of jellyfish Aurelia aurita L. (Cnidaria, Scyphozoa) under the Black Sea conditions,” in Trophic Relationships and Food Supply of Heterotrophic Animals in the Pelagic Ecosystem of the Black Sea, eds G. E. Shulman, A. E. Ozturk, G. A. Kideys, and L. Finenko (Istanbul: Black Sea Comm. Publisher), 99–160.

Azam, F., and Malfatti, F. (2007). Microbial structuring of marine ecosystems. Nat. Rev. Microbiol. 5, 782–791. doi: 10.1038/nrmicro1747

Bayer, B., Pelikan, C., Bittner, M. J., Reinthaler, T., Könneke, M., Herndl, G. J., et al. (2019a). Proteomic response of three marine ammonia-oxidizing archaea to hydrogen peroxide and their metabolic interactions with a heterotrophic alphaproteobacterium. mSystems 4:e00181-19. doi: 10.1128/mSystems.00181-19

Bayer, B., Vojvoda, J., Reinthaler, T., Reyes, C., Pinto, M., and Herndl, G. J. (2019b). Nitrosopumilus adriaticus sp. nov. and Nitrosopumilus piranensis sp. nov., two ammonia-oxidizing archaea from the Adriatic Sea and members of the class Nitrososphaeria. Int. J. Syst. Evol. Microbiol. 69, 1892–1902. doi: 10.1099/ijsem.0.003360

Benner, R. (2002). “Chemical composition and reactivity,” in Biogeochemistry of Marine Dissolved Organic Matter, eds D. A. Hansell and C. A. Carlson (San Diego, CA: Academic Press), 59–90. doi: 10.1016/B978-012323841-2/50005-1

Blanchet, M., Pringault, O., Bouvy, M., Catala, P., Oriol, L., Caparros, J., et al. (2015). Changes in bacterial community metabolism and composition during the degradation of dissolved organic matter from the jellyfish Aurelia aurita in a Mediterranean coastal lagoon. Environ. Sci. Pollut. Res. 22, 13638–13653. doi: 10.1007/s11356-014-3848-x

Brekhman, V., Malik, A., Haas, B., Sher, N., and Lotan, T. (2015). Transcriptome profiling of the dynamic life cycle of the scypohozoan jellyfish Aurelia aurita. BMC Genomics 16:74. doi: 10.1186/s12864-015-1320-z

Buchfink, B., Xie, C., and Huson, D. H. (2015). Fast and sensitive protein alignment using DIAMOND. Nat. Methods 12, 59–60. doi: 10.1038/nmeth.3176

Condon, R. H., Graham, W. M., Duarte, C. M., Pitt, K. A., Lucas, C. H., Haddock, S. H. D., et al. (2012). Questioning the rise of gelatinous zooplankton in the world’s Oceans. BioScience 62, 160–169. doi: 10.1525/bio.2012.62.2.9

Condon, R. H., Steinberg, D. K., and Bronk, D. A. (2010). Production of dissolved organic matter and inorganic nutrients by gelatinous zooplankton in the York River estuary, Chesapeake Bay. J. Plankton Res. 32, 153–170. doi: 10.1093/plankt/fbp109

Condon, R. H., Steinberg, D. K., del Giorgio, P. A., Bouvier, T. C., Bronk, D. A., Graham, W. M., et al. (2011). Jellyfish blooms result in a major microbial respiratory sink of carbon in marine systems. Proc. Natl. Acad. Sci. U.S.A. 108, 10225–10230. doi: 10.1073/pnas.1015782108

del Giorgio, P., and Cole, J. (2000). “Bacterial energetics and growth efficiency,” in Microbial Ecology of the Oceans, ed. D. L. Kirchman (Hoboken, NJ: Wiley), 289–325.

Dinasquet, J., Kragh, T., Schrøter, M. L., Søndergaard, M., and Riemann, L. (2013). Functional and compositional succession of bacterioplankton in response to a gradient in bioavailable dissolved organic carbon. Environ. Microbiol. 15, 2616–2628. doi: 10.1111/1462-2920.12178

Ducklow, H., and Kirchman, D. (2000). “Bacterial production and biomass in the oceans,” in Microbial Ecology of the Oceans, ed. D. L. Kirchman (Hoboken, NJ: Wiley).

Elias, J. E., and Gygi, S. P. (2007). Target-decoy search strategy for increased confidence in large-scale protein identifications by mass spectrometry. Nat. Methods 4, 207–214.

Giering, S. L. C., Sanders, R., Lampitt, R. S., Anderson, T. R., Tamburini, C., Boutrif, M., et al. (2014). Reconciliation of the carbon budget in the ocean’s twilight zone. Nature 507, 480–483. doi: 10.1038/nature13123

Glöckner, F. O., Amann, R., Alfreider, A., Pernthaler, J., Psenner, R., Trebesius, K., et al. (1996). An in situ hybridization protocol for detection and identification of planktonic bacteria. Syst. Appl. Microbiol. 19, 403–406. doi: 10.1016/S0723-2020(96)80069-5

Goldstein, J., and Steiner, U. K. (2020). Ecological drivers of jellyfish blooms – the complex life history of a ‘well-known’ medusa (Aurelia aurita). J. Anim. Ecol. 89, 910–920. doi: 10.1111/1365-2656.13147

Hansell, D. A., Carlson, C. A., Repeta, D. J., and Schlitzer, R. (2009). Dissolved organic matter in the ocean: a controversy stimulates new insights. Oceanography 22, 202–211. doi: 10.2307/24861036

Hansell, D. A., Williams, P. M., and Ward, B. B. (1993). Measurements of DOC and DON in the Southern California Bight using oxidation by high temperature combustion. Deep Sea Res. 40, 219–234.

Hansen, H. P., and Koroleff, F. (2007). “Determination of nutrients,” in Methods of Seawater Analysis, eds K. Grasshoff, K. Kremling, and M. Ehrhardt (Hoboken, NJ: John Wiley & Sons, Ltd), 159–228. doi: 10.1002/9783527613984.ch10

Hays, G. C., Doyle, T. K., and Houghton, J. D. R. (2018). A paradigm shift in the trophic importance of jellyfish? Trends Ecol. Evol. 33, 874–884. doi: 10.1016/j.tree.2018.09.001

Hyatt, D., Chen, G. L., LoCascio, P. F., Land, M. L., Larimer, F. W., and Hauser, L. J. (2010). Prodigal: prokaryotic gene recognition and translation initiation site identification. BMC Bioinformatics 11:119. doi: 10.1186/1471-2105-11-119

Johnson, W. M., Longnecker, K., Kido Soule, M. C., Arnold, W. A., Bhatia, M. P., Hallam, S. J., et al. (2020). Metabolite composition of sinking particles differs from surface suspended particles across a latitudinal transect in the South Atlantic. Limnol. Oceanogr. 65, 111–127. doi: 10.1002/lno.11255

Jones, B. N., Pääbo, S., and Stein, S. (1981). Amino acid analysis and enzymatic sequence determination of peptides by an improved o-phthaldialdehyde precolumn labeling procedure. J. Liq. Chromatogr. 4, 565–586. doi: 10.1080/01483918108059956

Kaiser, K., and Benner, R. (2005). Hydrolysis-induced racemization of amino acids. Limnol. Oceanogr. Methods 3, 318–325. doi: 10.4319/lom.2005.3.318

Kalyuzhnaya, M. G., Lidstrom, M. E., and Chistoserdova, L. (2008). Real-time detection of actively metabolizing microbes by redox sensing as applied to methylotroph populations in Lake Washington. ISME J. 2, 696–706. doi: 10.1038/ismej.2008.32

Kang, D. D., Froula, J., Egan, R., and Wang, Z. (2015). MetaBAT, an efficient tool for accurately reconstructing single genomes from complex microbial communities. Peer J. 3:e1165.

Kester, D. R., Duedall, I. W., Connors, D. N., and Pytkowicz, R. M. (1967). Preparation of artificial seawater. Limnol. Oceanogr. 12, 176–179. doi: 10.4319/lo.1967.12.1.0176

Klun, K., Falnoga, I., Mazej, D., Šket, P., and Faganeli, J. (2019). Colloidal organic matter and metal(loid)s in coastal waters (Gulf of Trieste, Northern Adriatic Sea). Aquat. Geochem. 25, 179–194. doi: 10.1007/s10498-019-09359-6

Kogovšek, T., Bogunović, B., and Malej, A. (2010). Recurrence of bloom-forming scyphomedusae: wavelet analysis of a 200-year time series. Hydrobiologia 645, 81–96. doi: 10.1007/s10750-010-0217-8

Kogovšek, T., Tinta, T., Klun, K., and Malej, A. (2014). Jellyfish biochemical composition: importance of standardised sample processing. Mar. Ecol. Prog. Ser. 510, 275–288. doi: 10.3354/meps10959

Kolmakova, O. V., Gladyshev, M. I., Fonvielle, J. A., Ganzert, L., Hornick, T., and Grossart, H. P. (2019). Effects of zooplankton carcasses degradation on freshwater bacterial community composition and implications for carbon cycling. Environ. Microbiol. 21, 34–49. doi: 10.1111/1462-2920.14418

Larson, R. J. (1986). Water content, organic content, and carbon and nitrogen composition of medusae from the northeast Pacific. J. Exp. Mar. Biol. Ecol. 99, 107–120. doi: 10.1016/0022-0981(86)90231-5

Lebrato, M., Pahlow, M., Frost, J. R., Küter, M., de Jesus Mendes, P., Molinero, J. C., et al. (2019). Sinking of gelatinous zooplankton biomass increases deep carbon transfer efficiency globally. Global Biogeochem. Cycles 33, 1764–1783. doi: 10.1029/2019GB006265

Lebrato, M., Pitt, K. A., Sweetman, A. K., Jones, D. O. B., Cartes, J. E., Oschlies, A., et al. (2012). Jelly-falls historic and recent observations: a review to drive future research directions. Hydrobiologia 690, 227–245. doi: 10.1007/s10750-012-1046-8

Lee, S., and Fuhrman, J. A. (1987). Relationships between biovolume and biomass of naturally derived marine bacterioplankton. Appl. Environ. Microbiol. 53, 1298–1303.

Li, D., Liu, C. M., Luo, R., Sadakane, K., and Lam, T. W. (2015). MEGAHIT: an ultra-fast single-node solution for large and complex metagenomics assembly via succinct de Bruijn graph. Bioinformatics 31, 1674–1676.

Li, H., and Durbin, R. (2009). Fast and accurate short read alignment with burrows-wheeler transform. Bioinformatics 25, 1754–1760.

Lucas, C. H. (1994). Biochemical composition of Aurelia aurita in relation to age and sexual maturity. J. Exp. Mar. Biol. Ecol. 183, 179–192.

Lucas, C. H., Jones, D. O. B., Hollyhead, C. J., Condon, R. H., Duarte, C. M., Graham, W. M., et al. (2014). Gelatinous zooplankton biomass in the global oceans: geographic variation and environmental drivers. Global Ecol. Biogeogr. 23, 701–714. doi: 10.1111/geb.12169

Lucas, C. H., Pitt, K. A., Purcell, J. E., Lebrato, M., and Condon, R. H. (2011). What’s in a jellyfish? Proximate and elemental composition and biometric relationships for use in biogeochemical studies. Ecol. Arch. 92:1704.

Manzari, C., Fosso, B., Marzano, M., Annese, A., Caprioli, R., D’Erchia, A. M., et al. (2015). The influence of invasive jellyfish blooms on the aquatic microbiome in a coastal lagoon (Varano, SE Italy) detected by an Illumina-based deep sequencing strategy. Biol. Invasions 17, 923–940. doi: 10.1007/s10530-014-0810-2

Merquiol, L., Romano, G., Ianora, A., and D’Ambra, I. (2019). Biotechnological applications of scyphomedusae. Mar. Drugs 17:604. doi: 10.3390/md17110604

Molina-Ramírez, A., Cáceres, C., Romero-Romero, S., Bueno, J., González-Gordillo, J. I., Irigoien, X., et al. (2014). Functional differences in the allometry of the water, carbon and nitrogen content of gelatinous organisms. J. Plankton Res. 37, 989–1000. doi: 10.1093/plankt/fbv037

Mozetič, P., Solidoro, C., Cossarini, G., Socal, G., Precali, R., Francé, J., et al. (2010). Recent trends towards oligotrophication of the northern Adriatic: evidence from chlorophyll a time series. Estuaries Coasts 33, 362–375. doi: 10.1007/s12237-009-9191-7

Pitt, K., Chelsky, A., Browne, J., and Condon, R. (2014). “Bloom and bust: why do blooms of jellyfish collapse?” in Jellyfish Blooms, eds K. Pitt and C. Lucas (Dordrecht: Springer), 79–103. doi: 10.13140/2.1.3574.1124

Pitt, K. A., Duarte, C. M., Lucas, C. H., Sutherland, K. R., Condon, R. H., Mianzan, H., et al. (2013). Jellyfish body plans provide allometric advantages beyond low carbon content. PLoS One 8:e72683. doi: 10.1371/journal.pone.0072683

Pitt, K. A., Welsh, D. T., and Condon, R. H. (2009). Influence of jellyfish blooms on carbon, nitrogen and phosphorus cycling and plankton production. Hydrobiologia 616, 133–149. doi: 10.1007/s10750-008-9584-9

Purcell, J. E. (2012). Jellyfish and ctenophore blooms coincide with human proliferations and environmental perturbations. Annu. Rev. Mar. Sci. 4, 209–235. doi: 10.1146/annurev-marine-120709-142751

Redfield, B. H., Ketchum, A. C., and Richards, F. A. (1963). “The influence of organisms on the composition of sea-water,” in The Composition of Seawater: Comparative and Descriptive Oceanography. The Sea: Ideas and Observations on Progress in the Study of the Seas, ed. M. N. Hill (Cambridge, MA: Harvard University Press), 26–77.

Richardson, A. J., Bakun, A., Hays, G. C., and Gibbons, M. J. (2009). The jellyfish joyride: causes, consequences and management responses to a more gelatinous future. Trends Ecol. Evol. 24, 312–322. doi: 10.1016/j.tree.2009.01.010

Rios, A., Fraga, F., Pérez, F. F., and Figueiras, F. G. (1998). Chemical composition of phytoplankton and particulate organic matter in the R??a de Vigo (NW Spain). Sci. Mar. 62, 257–271. doi: 10.3989/scimar.1998.62n3257

Samo, T. J., Smriga, S., Malfatti, F., Sherwood, B. P., and Azam, F. (2014). Broad distribution and high proportion of protein synthesis active marine bacteria revealed by click chemistry at the single cell level. Front. Mar. Sci. 1:48. doi: 10.3389/fmars.2014.00048

Sanz-Martín, M., Pitt, K. A., Condon, R. H., Lucas, C. H., Novaes de Santana, C., and Duarte, C. M. (2016). Flawed citation practices facilitate the unsubstantiated perception of a global trend toward increased jellyfish blooms. Global Ecol. Biogeogr. 25, 1039–1049. doi: 10.1111/geb.12474

Sayers, E. W., Jeff, B., Brister, J. R., Bolton, E. E., Canese, K., Comeau, D. C., et al. (2020). Database resources of the national center for biotechnology information. Nucleic Acids Res. 48, D9–D16 doi: 10.1093/nar/gkz899

Schnedler-Meyer, N. A., Kiørboe, T., and Mariani, P. (2018). Boom and bust: life history, environmental noise, and the (un)predictability of jellyfish blooms. Front. Mar. Sci. 5:257. doi: 10.3389/fmars.2018.00257

Sweetman, A. K., Chelsky, A., Pitt, K. A., Andrade, H., van Oevelen, D., and Renaud, P. E. (2016). Jellyfish decomposition at the seafloor rapidly alters biogeochemical cycling and carbon flow through benthic food-webs. Limnol. Oceanogr. 61, 1449–1461. doi: 10.1002/lno.10310

Tinta, T., Kogovšek, T., Klun, K., Malej, A., Herndl, G. J., and Turk, V. (2019). Jellyfish-associated microbiome in the marine environment: exploring its biotechnological potential. Mar. Drugs 17:94. doi: 10.3390/md17020094

Tinta, T., Kogovšek, T., Malej, A., and Turk, V. (2012). Jellyfish modulate bacterial dynamic and community structure. PLoS One 7:e39274. doi: 10.1371/journal.pone.0039274

Tinta, T., Kogovšek, T., Turk, V., Shiganova, T. A., Mikaelyan, A. S., and Malej, A. (2016). Microbial transformation of jellyfish organic matter affects the nitrogen cycle in the marine water column – a Black Sea case study. J. Exp. Mar. Biol. Ecol. 475, 19–30. doi: 10.1016/j.jembe.2015.10.018

Tinta, T., Malej, A., Kos, M., and Turk, V. (2010). Degradation of the Adriatic medusa Aurelia sp. by ambient bacteria. Hydrobiologia 645, 179–191. doi: 10.1007/s10750-010-0223-x

Tinta, T., Vojvoda, J., Mozetič, P., Talaber, I., Vodopivec, M., Malfatti, F., et al. (2015). Bacterial community shift is induced by dynamic environmental parameters in a changing coastal ecosystem (Northern adriatic, northeastern mediterranean sea) - A 2-year time-series study. Environ. Microbiol. 17, 1–16. doi: 10.1111/1462-2920.12519

Titelman, J., Riemann, L., Sørnes, T. A., Nilsen, T., Griekspoor, P., and Bamstedt, U. (2006). Turnover of dead jellyfish: stimulation and retardation of microbial activity. Mar. Ecol. Prog. Ser. 325, 43–58. doi: 10.3354/meps325043

Uritskiy, G. V., DiRuggiero, J., and Taylor, J. (2018). MetaWRAP—a flexible pipeline for genome-resolved metagenomic data analysis. Microbiome 6, 1–13.

Valledor, L., and Weckwerth, W. (2014). “An improved detergent-compatible gel-fractionation LC-LTQ-Orbitrap-MS workflow for plant and microbial proteomics,” in Plant Proteomics: Methods and Protocols, eds J. V. Jorrin-Novo, S. Komatsu, W. Weckwerth, and S. Wienkoop (Totowa, NJ: Humana Press) 347–358.

Ventura, M. (2006). Linking biochemical and elemental composition in freshwater and marine crustacean zooplankton. Mar. Ecol. Prog. Ser. 327, 233–246. doi: 10.3354/meps327233

West, E. J., Welsh, D. T., and Pitt, K. A. (2009). Influence of decomposing jellyfish on the sediment oxygen demand and nutrient dynamics. Hydrobiologia 616, 151–160. doi: 10.1007/s10750-008-9586-7

Wu, Y. W., Tang, Y. H., Tringe, S. G., Simmons, B. A., and Singer, S. W. (2014). MaxBin: an automated binning method to recover individual genomes from metagenomes using an expectation-maximization algorithm. Microbiome 2:26.

Zhang, Y., Zen, W., Washburn, M. P., and Florens, L. (2015). Improving label-free quantitative proteomics strategies by distributing shared peptides and stabilizing variance. Anal. Chem. 87, 4749–4756.


Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2020 Tinta, Zhao, Escobar, Klun, Bayer, Amano, Bamonti and Herndl. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.











	 
	ORIGINAL RESEARCH
published: 05 November 2020
doi: 10.3389/fmars.2020.589064





[image: image]

Experimental Analysis of Diurnal Variations in Humic-Like Fluorescent Dissolved Organic Matter in Surface Seawater

Yuko Omori1*, Akira Saeki2, Shigeki Wada3, Yuji Inagaki4 and Takeo Hama1,5

1Faculty of Life and Environmental Sciences, University of Tsukuba, Tsukuba, Japan

2Graduate School of Life and Environmental Sciences, University of Tsukuba, Tsukuba, Japan

3Shimoda Marine Research Center, University of Tsukuba, Shimoda, Japan

4Center for Computational Sciences, University of Tsukuba, Tsukuba, Japan

5Faculty of Economics, Dokkyo University, Souka, Japan

Edited by:
Johanna Sjöstedt, Lund University, Sweden

Reviewed by:
Norman B. Nelson, University of California, Santa Barbara, United States
Laodong Guo, University of Wisconsin-Milwaukee, United States

*Correspondence: Yuko Omori, omori.yuko.ft@u.tsukuba.ac.jp

Specialty section: This article was submitted to Aquatic Microbiology, a section of the journal Frontiers in Marine Science

Received: 30 July 2020
Accepted: 15 October 2020
Published: 05 November 2020

Citation: Omori Y, Saeki A, Wada S, Inagaki Y and Hama T (2020) Experimental Analysis of Diurnal Variations in Humic-Like Fluorescent Dissolved Organic Matter in Surface Seawater. Front. Mar. Sci. 7:589064. doi: 10.3389/fmars.2020.589064

Humic-like fluorescent dissolved organic matter (FDOM) has been widely used as tracers for bio-refractory dissolved organic matter (RDOM) to understand its dynamics in the oceans. Vertical distributions of humic-like FDOM are controlled by microbial production in the ocean interiors and photobleaching in surface layers. Although humic-like FDOM is expected to be actively produced in surface layers with high bacterial activity, its production in surface seawater is not well understood. To examine the diurnal variations in humic-like FDOM due to microbial production and photobleaching in surface seawater, we conducted seven experiments from night to day using surface seawater in the subtropical Pacific and coastal regions. Parallel factor analysis (PARAFAC) determined that FDOM in the incubated seawater was composed of three components: two types of humic-like FDOM and a protein-like FDOM. The fluorescence intensity of humic-like FDOM increased to 104.0 ± 2.5% of the initial intensity during the night and decreased to 101.2 ± 2.5% under sunlight exposure during the day. Conversely, its intensity significantly increased to 114.0 ± 2.7% under dark conditions during the day. The turnover rates of humic-like FDOM by the increase and decrease in its intensity were estimated to be 0.14 and 0.11 day–1, respectively. These comparable turnover rates indicated that the production and photobleaching of humic-like FDOM were almost in equilibrium in the surface layer, with a low level of humic-like FDOM. Linear correlations between the intensity of humic-like FDOM and concentrations of dissolved oxygen (DO) in all experiments under dark conditions indicated that humic-like FDOM were produced as the by-products of microbial respiration processes in the surface seawater. Using global bacterial respiration rates, the net production rate of humic-like FDOM in the global photic layer was estimated as 4.2–5.5 × 1017 R.U. year–1, contributing to 75% of its production in the entire ocean.

Keywords: fluorescent dissolved organic matter, PARAFAC, microbial production, photobleaching, surface seawater


INTRODUCTION

Marine dissolved organic matter (DOM) constitutes one of the largest pools of reduced carbon on the Earth’s surface, containing 662 Pg C, similar to atmospheric CO2 (Hansell et al., 2009). The ultimate source of DOM in the ocean is the photosynthetic production of phytoplankton, and the major DOM sink is the respiration by marine bacterial planktons (Carlson and Hansell, 2015). The stability of DOM against microbial degradation is important for elucidating its dynamics in marine biogeochemical cycle. Labile fraction against microbial degradation is a minor component but plays an important role as a substrate for bacterial growth (Benner and Amon, 2015). Conversely, more than 90% of DOM is resistant to microbial degradation and has been estimated to remain in the ocean for many years, which is referred to as RDOM (Bauer et al., 1992; Hansell, 2013).

In the surface layer of the ocean, the behavior of DOM is highly complicated. Biological activities, including photosynthesis, produce a wide variety of DOM (Carlson and Hansell, 2015). The labile fraction of DOM is rapidly decomposed by bacteria, where semi-labile DOM and RDOM are produced as the by-products of bacterial metabolism (Benner and Herndl, 2011). Transformation from labile to RDOM by the bacteria has attracted attention as one of the key processes of accumulating DOM pool as microbial carbon pump (Jiao et al., 2010; Zhang et al., 2018). Concomitant with the microbial activity, DOM undergoes photochemical reaction under sunlight irradiation (Mopper et al., 2015). However, the quantitative and qualitative changes taking place in the DOM in the surface layer due to microbial activity and photochemical reaction are difficult to understand because DOM is a mixture of many unidentified organic compounds (Dittmar and Paeng, 2009).

The FDOM is widely used as a tracer to understand the origin and behavior of organic components (Stedmon and Nelson, 2015). The measurement of excitation emission matrices (EEMs) data and PARAFAC facilitated the identification of multiple components of FDOM (Stedmon et al., 2003; Stedmon and Bro, 2008). Marine FDOM is generally composed of protein- and humic-like components (Coble, 1996). The levels of protein-like components have been found to be high in the surface layer, decreasing with depth (e.g., Yamashita and Tanoue, 2008; Jørgensen et al., 2011; Catalá et al., 2015) and have been found to exponentially decrease within 24 h during microbial dark incubation in the Atlantic Ocean (Lønborg et al., 2015), which implies that the protein-like components are a biologically reactive fraction in the DOM. The levels of humic-like components have been found to be low in the surface layer and increase with depth in the pelagic ocean. The positive correlation between the fluorescence intensity of humic-like components and AOU in deep oceans indicates that these are produced in situ through the microbial oxidation of organic matter (Hayase and Shinozuka, 1995; Yamashita and Tanoue, 2008; Omori et al., 2010; Jørgensen et al., 2011; Catalá et al., 2015). The bacterial production of humic-like components has been demonstrated to be the by-products of bacterial culture experiments (Kramer and Herndl, 2004; Shimotori et al., 2009, 2012; Goto et al., 2017; Arai et al., 2018).

As humic-like components are sensitive to photoirradiation with continuing low levels in the surface layer, photodegradation of fluorophore (photobleaching) has been considered as one of the most important factors controlling their dynamics in the surface layer (Omori et al., 2010, 2015; Jørgensen et al., 2011; Timko et al., 2015). However, little information is available on the production of humic-like components in the surface layer. Incubation experiments under dark conditions using surface seawater demonstrated the short-term production of humic-like FDOM with positive relationships between its rate of increase and the respiration rate of bacteria (Nieto-Cid et al., 2006) and between its increase and bacterial uptake of dissolved organic nitrogen (Lønborg et al., 2015). They suggested that humic-like FDOM is produced through bacterial metabolic activity in the surface as well as deep layers. Considering that the microbial biomass and its activity in the ocean surface are highest throughout the water column (Nagata et al., 2000; Kirchman, 2008), the FDOM production via bacterial metabolites in the surface layer is accordingly expected to be active. It has been speculated that humic-like FDOM is constantly produced by microbial activity at the surface of the ocean, although its fluorescence intensity is always low due to its rapid disappearance by photobleaching during the day. Therefore, a diurnal variation in humic-like FDOM is expected due to an increase in FDOM during the night and a decrease due to photobleaching during the day, although this has never been clearly assessed.

In this study, we conducted 1-day incubation experiments using surface seawater collected from the subtropical Pacific, coastal, and bay areas. The 1-day incubations began at sunset and changes in FDOM and dissolved oxygen (DO) concentration during the night and day were evaluated to demonstrate the diurnal variations in FDOM and relationship between FDOM production and bacterial activity.



MATERIALS AND METHODS


Sampling

The 1-day experiments were conducted using surface seawaters collected from three sites: subtropical North Pacific at 32° 19′ N, 144° 32′ E aboard R/V Shinseimaru in July 2016, coastal area at 34° 40′ N, 138° 56′ E in Shimoda, Shizuoka, Japan in August 2016 and April 2018, and bay area at 35° 08′ N, 139° 37′ E in Misaki, Kanagawa, Japan in September 2017 (Table 1). For these experiments at each site, we collected surface seawater with a plastic bucket and transferred it to two acid-cleaned polycarbonate bottles (20 L). The 1-day experiment began on the sampling day using the seawater in one bottle, termed as “natural” seawater. Nutrients (NaNO3 and KH2PO4: 11.6 and 1.49 μM of final concentrations) were added to the seawater sample in another bottle, which was subsequently incubated for 3 days under natural sunlight in an aquarium with running seawater to maintain the ambient temperature for increasing microbial biomass, including bacteria. This incubated sample was termed as “nutrient-added” seawater in the experiments. Experiment at Shimoda in April 2018 was conducted using only natural seawater.


TABLE 1. Biological and chemical properties of surface seawater samples at the beginning of each experiment.

[image: Table 1]


1-Day Experiments

Seawater samples in the 20-L polycarbonate bottles were gently transferred into 12 Winkler bottles (approximately 100 mL) without air and 12 quartz bottles (200 mL). The 1-day experiments began at sunset and were completed at sunset after 24 h. Triplicate subsamples in Winkler and quartz bottles were collected at the beginning of the experiments (“beginning” samples: B). The remaining nine bottles were incubated overnight in an aquarium with running seawater. Afterward, the triplicate subsamples were collected at sunrise, termed as “morning” samples (M). Of the remaining six bottles, three were successively exposed to sunlight radiation and termed as “daytime light” samples (DL), while the other three bottles were wrapped in aluminum foils and cultured under dark condition, termed as “daytime dark” samples (DD). These six bottles were collected at sunset at the end of the experiments. During the daytime incubations, solar irradiances of PAR (400–700 nm) were monitored by PAR sensors (SQ-100, Apogee). After collecting the Winkler bottles, the samples were immediately fixed for the measurements of concentrations of DO. Samples in the quartz bottles were filtered through precombusted glass fiber filters (GF/F, Whatman), with the filtrate being stored at −20°C and used for measuring the fluorescent property and concentration of dissolved organic carbon (DOC). The sampled water was stored at −80°C to determine the phytoplankton cell number and was supplemented with glutaraldehyde with a final concentration of 2.5% (v/v). This was subsequently stored at 5°C to measure the bacterial cell number. At the beginning of the 1-day experiments, the sampled seawater in the 20-L bottles were filtered by 0.2 μm in pore sized membrane filters (Supor, PALL) and afterward stored at −80°C to determine the bacterial compositions using DNA analysis.



Fluorescent Property Measurement

EEMs were measured by a fluorescence spectrophotometer (F4500, Hitachi) in a quartz cell (10 × 10 mm) under following conditions, according to Arai et al. (2018): scan ranges of 250–500 and 300–550 nm for excitation (Ex) and emission (Em), respectively; scan speed of 2400 nm min–1; sampling intervals of 5.0 and 2.0 nm for Ex and Em, respectively; slit width of 10 nm; and photomultiplier tube voltage of 950 V. Fluorescence intensity was normalized to water Raman scatter peaks of Milli-Q water blank (Lawaetz and Stedmon, 2009). EEMs obtained in all experiments (n = 81) were analyzed by PARAFAC to separate DOM fluorescence into distinct components (Stedmon and Bro, 2008) using DOMFluor toolbox in MATLAB (R2016a). A split-half analysis proved the validity of PARAFAC model with the agreement between Ex and Em loadings of randomly divided datasets (Stedmon and Bro, 2008).



Analysis

The concentration of DO was measured through Winkler potentiometric end-point titration, as per the procedures of sampling, fixation of DO, and calculation of DO concentrations specified by Kumamoto et al. (2018). A digital burette (VITLAB® continuous E, VITLAB) was used for titrating sodium thiosulfate aqueous solution.

Bacteria cell numbers were counted using epifluorescence microscopy (BX60, OLYMPUS) following the DAPI method (Porter and Feig, 1980; Yokokawa, 2018). Water samples (0.5–2 mL) were stained with DAPI and filtered onto black-stained polycarbonate filters (0.2 μm, Millipore), with 20 grid fields per sample being enumerated.

The filtered samples were processed using PowerWater DNA Isolation Kit (MO BIO Laboratories) following the instructions of the manufacturer. Subsequently, V3–V4 region of bacterial 16S rRNA gene was amplified using 341f_MIX (5′-ACACTCTTTCCCTACACGACGCTCTTCCGATCT–CCTACG GGNGGCWGCAG-3′) and 805r_MIX (5′-GTGACTGGAG TTCAGACGTGTGCTCTTCCGATCT–GACTACHVGGGTAT CTAATCC-3′) primers. For preparing libraries, the PCR products were subjected to an initial denaturation at 94°C for 2 min, followed by 12 cycles of denaturation at 94°C for 30 s, annealing at 60°C for 30 s, extension at 72°C for 30 s, and a final extension at 72°C for 5 min. The amplified products were purified using AMPure XP (Beckman Coulter), and afterward, DNA was quantified using Synergy H1 (Bio Tek) and QuantiFluor dsDNA System (Promega). Purified amplicons were pooled in equimolar concentrations and subsequently paired-end sequenced on an Illumina MiSeq instrument (Illumina). The obtained sequence data were then processed using USEARCH version 10.0.240 and analyzed with Quantitative Insights software package in Microbial Ecology (QIIME) version 1.9.1 (Caporaso et al., 2010). Sequences were clustered into OTUs using the Greengenes OTU database (97% similarity). Data are publicly available at the DDBJ Sequence Read Archive (DRASearch: http://trace.ddbj.nig.ac.jp/DRASearch; Accession number: DRA010892).

The concentrations of DOC in the filtrate were measured following a high-temperature catalytic oxidation method (TOC-V, Shimadzu) using potassium hydrogen phthalate as the standard. The system was checked by measuring Hansell Laboratory Deep Seawater Reference1. The DOC concentration of the reference (Batch-16) was 42.6 ± 0.9 μMC in this study.

Phytoplankton cell numbers were determined through a flow-cytometry (FACS Calibur; 4-color type; Becton–Dickinson) equipped with an argon ion laser (488 nm) and a red semi-conductor laser (635 nm). Emitted fluorescence was monitored at FL2 (585 ± 21 nm: orange), FL3 (670 nm: long-pass red), and at a forward-light scatter and a side-light scatter. Fluoresbrite microspheres (6 and 10 μm; Polysciences) were used to adjust the instrumental conditions. Samples were analyzed for 40–900 s at an average flow rate of 64.9 μL min–1.

The concentrations of nitrate, nitrite, and phosphate in the samples at the beginning of the experiments at Shimoda and Misaki were determined by colorimetric techniques using an autoanalyzer (AACSII, BRAN + LUEBBE).



Statistical Analysis

Effect of addition nutrition to DOC concentration at the beginning of the 1-day experiment was tested with two-way ANOVA using “location of seawater sampling” and “treatment of nutrients” as the factors. Furthermore, a pair-wise multiple comparison with post hoc Tukey’s test was performed. Changes in the fluorescence intensities under dark condition at the time points from the beginning to the end of the experiments were analyzed using a LMM (R package: lmerTest, function: lmer; Kuznetsova et al., 2017) with “time point” as a fixed factor. The seven kinds of “seawater samples” were treated as a random factor. Homogeneity of variance and normality were evaluated using Levene Test and QQ plot, displaying that the fluorescent intensities conformed to these assumptions. Moreover, a post hoc test was used with the function of lsmeans (R package: lsmeans, Lenth, 2016). To assess the effect of photobleaching, fluorescence intensities of the sample, with and without sunlight exposure, should be compared. Therefore, LMM was used to do this comparison using “seawater samples” as a random factor. The response of fluorescence intensity for DO consumption was estimated based on the slope of regression line in the LMM using “DO concentration” as a fixed factor and “seawater samples” as a random factor. In this study, all statistical analyses were performed using the R statistical software, version 3.5.1 (R Core Team, 2018).



RESULTS


Sample Conditions

Table 1 shows the cell numbers of bacteria and phytoplankton, DOC concentrations, nutrient concentrations of nitrite + nitrate and phosphorite, and PAR during the day in each experiment. The lowest phytoplankton numbers and DOC concentrations were noted in the subtropical Pacific, indicating less biological activity. The nutrient-added samples were incubated for 3 days and the nutrient enrichment was observed to simulate the organic matter production. The DOC concentrations in the nutrient-added samples were significantly higher than that in the natural samples collected from the subtropical Pacific and Shimoda (TukeyHSD, p < 0.05) (Supplementary Table S1).



FDOM Components Determined by PARAFAC

Three fluorescent components were identified from the EEMs for all experiments through PARAFAC analysis (Figure 1). Component 1 (C1) and 2 (C2) were characterized as humic-like FDOM (Coble, 1996). C1 showed two excitation maxima (255 and 370 nm) and an emission maximum at 484 nm, similar to humic-like A (Coble, 1996; Stedmon et al., 2003). Although humic-like A was traditionally categorized as terrestrial humic substance (Coble, 1996), it was reported to be observed in the pelagic ocean (Kowalczuk et al., 2013; Tanaka et al., 2014; Catalá et al., 2015; Yamashita et al., 2017). The incubations of coastal bacterial communities showed that humic-like A was produced as the by-product of bacterial metabolism during organic matter decomposition (Shimotori et al., 2009; Romera-Castillo et al., 2011; Arai et al., 2018). C2 was characterized as marine humic-like FDOM (Coble, 1996), which was blue-shifted from C1 and exhibited two Ex maxima (<250 and 325 nm) and an Em maximum (406 nm). C2 are known as the microbially produced FDOM in the ocean, corresponding to humic-like M (Coble, 1996). The maxima of Ex and Em for components 3 (C3) (280/316) were comparable to those of tyrosine-like peak, as previously reported (Yamashita and Tanoue, 2003; Stedmon and Markager, 2005; Murphy et al., 2008).
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FIGURE 1. PARAFAC model results showing the fluorescence signature of the three components of C1 (A), C2 (B), and C3 (C). Left figures show the line plots of excitation (Ex: solid lines) and emission (Em: dash lines) spectra and right figures show the counter plots of EEMs.




Diurnal Changes in the Fluorescence Intensities of the Three Components

The fluorescence intensity of each component significantly varied among the seawater sample collection sites. The lowest values were found in the subtropical Pacific, with the fluorescence intensities of C1 being 0.36 ± 0.01 × 10–2 and 0.41 ± 0.004 × 10–2 R.U. (mean values of the three bottles ± SEs) for the natural and nutrient-added samples at the beginning of the 1-day experiments (sample B), respectively. In the coastal and bay seawaters at Shimoda (August and April) and Misaki, respectively, the fluorescence intensities of the natural samples were found to be 2.08 ± 0.05 × 10–2, 2.72 ± 0.03 × 10–2, and 4.57 ± 0.02 × 10–2 R.U., respectively, which were an order of magnitude higher than those observed in the subtropical seawater. The highest fluorescence intensity of the natural sample in Misaki reflected the inflow of terrestrial humic substances due to the precipitation of the previous day.

The fluorescence intensities of C1 at the beginning, morning, and day under dark condition, for samples B, M, and DD, respectively, consistently increased throughout the experiments (Figure 2). The intensities in samples M were 102.6–105.6% (mean value of seven experiments ± SE: 104.3 ± 1.3%) higher for all experiments compared to those of samples B. During the day, the intensity additionally increased under the dark condition and the values of samples DD ranged from 0.44 ± 0.02 × 10–2 to 4.75 ± 0.00 × 10–2 R.U., corresponding to 103.9–128.1% (mean value ± SE: 113.9 ± 3.1%) of the intensity in samples B. Regarding using “seawater samples” as a random factor, the fluorescence intensity of C1 significantly increased along the time point (LMM: F2,50 = 35.93, p < 0.001, least-squares means: p < 0.01; Table 2).
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FIGURE 2. Changes in the fluorescence intensities of C1 at the beginning, morning, and end of the experiments in the natural and nutrient-added seawater collected from the subtropical Pacific (A,B), Shimoda in August (C,D) and April (E), Misaki (F,G). The blue and orange lines represent the changes under the dark and light conditions, respectively. The error bars represent the standard error (n = 3).



TABLE 2. LLM analysis for C1.

[image: Table 2]The fluorescence intensities of C2 in the subtropical Pacific were 0.30 ± 0.01 × 10–2 and 0.25 ± 0.01 × 10–2 R.U. for the natural and nutrient-added samples, respectively, at the beginning (samples B), which were the lowest values among all sites and C1 (Figure 3). The fluorescence intensities in Shimoda in August and April and Misaki were 2.04 ± 0.11 × 10–2, 1.86 ± 0.00 × 10–2, and 4.09 ± 0.01 × 10–2 R.U., respectively. The fluorescence intensities of C2 changed slightly between samples B and M, except for the nutrient-added samples from the subtropical Pacific, which increased during the night (Figure 3B). Afterward, the intensities of C2 in samples DD were observed to be higher than those of samples M. The fluorescence intensity of C2 significantly increased from the beginning to the end of the experiments (LMM with “seawater samples” used as a random factor: F2,50 = 3.89, p < 0.05, least-squares means: p < 0.01; Table 3).
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FIGURE 3. Changes in the fluorescence intensities of C2 at the beginning, morning, and end of the experiments in the natural and nutrient-added seawater collected from the subtropical Pacific (A,B), Shimoda in August (C,D) and April (E), Misaki (F,G). The blue and orange lines represent the changes under the dark and light conditions, respectively. The error bars represent the standard error (n = 3).



TABLE 3. LLM analysis for C2.

[image: Table 3]The fluorescence intensities of C3 in samples B in all incubation experiments ranged from 0.98 ± 0.02 × 10–2 to 3.44 ± 0.07 × 10–2 R.U. (Figure 4). LMM analysis showed no significant changes in the fluorescence intensities of C3 among samples B, M, and DD in all experiments (LMM: F2,50 = 2.53, p < 0.1).
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FIGURE 4. Changes in the fluorescence intensities of C3 at the beginning, morning, and end of the experiments in the natural and nutrient-added seawater collected from the subtropical Pacific (A,B), Shimoda in August (C,D) and April (E), Misaki (F,G). The blue and orange lines represent the changes under the dark and light conditions, respectively. The error bars represent the standard error (n = 3).


The exposure to sunlight evidently decreased the fluorescence intensities of all components. The fluorescence intensities of C1 in sample DL ranged between 0.36 ± 0.02 × 10–2 and 4.11 ± 0.04 × 10–2 R.U. (Figure 2), significantly lower than those in samples DD (LMM: F1,32 = 32.00, p < 0.001) and comparable to those of samples B. Additionally, the fluorescence intensities of C2 and C3 also significantly declined in sample DL due to exposure to sunlight (LMM for C2: F1,32 = 39.70, p < 0.001; LMM for C3: F1,32 = 7.84, p < 0.01) (Figures 4, 5).
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FIGURE 5. Relative abundance of heterotrophic bacterial orders at the beginning of each experiment, showing the taxonomic groups with abundances greater than 1%. “Natural” and “Nutrient” mean the natural seawater and the nutrient added seawater, respectively.




Turnover Rate of C1 by Production and Photobleaching

We estimated the turnover rates of C1 because the fluorescence intensity of C1 showed a clear diurnal variation and its intensities at the beginning and end of the 1-day experiments (samples B and DL) were almost same (Figure 2). The daily increase rate in the fluorescence intensity of C1 in each experiment was calculated using the difference between the intensities of samples B and DD (Table 4). The increase rates of C1 ranged from 7.9 to 61 × 10–4 R.U. day–1; the lowest observed in the subtropical seawater and the highest in Shimoda in April. The turnover rate of C1 was estimated as the ratio of the increasing rate and fluorescence intensity of sample B obtained in each experiment. The turnover rates of C1 calculated by the increase (TRi) in all experiments ranged from 0.04 to 0.27 day–1, with an average of 0.14 ± 0.031 day–1 (Table 4). The lowest turnover rate was estimated in the natural seawater in Misaki because of the highest intensity at the beginning of the experiment probably due to an inflow of the terrestrial FDOM (Figure 2).


TABLE 4. Rates of change of the fluorescence intensities of C1 and its turnover rates by the increase and decrease.

[image: Table 4]Fluorescent DOM was photobleached during the day due to sunlight exposure concomitant with the production. As the decrease in the fluorescence intensity of C1 in sample DL was considered as a net decrease, the gross decrease was estimated as the sum of its decrease under sunlight exposure and its increase under dark condition during the day. The gross daily decrease rates of C1 by photobleaching ranged from 5.9 to 89 × 10–4 R.U. day–1 in all experiments (Table 4). The highest gross decrease rate was observed in the natural samples in Misaki, because the inflowed terrestrial humic substances are high photosensitive (Obernosterer and Benner, 2004). On the other hand, the gross decrease rate of the nutrient-added samples in Misaki was lower than that of the natural samples (Table 4). The reason might be that the photo-sensitive fraction including the terrestrial humic substances had been photo-bleached during the incubation under sunlight exposure prior to the 1-day experiment. The mean value of its turnover rate by gross decrease (TRd) was 0.12 ± 0.021 day–1, ranging from 0.05 to 0.20 day–1, similar to the range of Tri.



Diurnal Variations in DO Concentrations

The initial values of DO concentrations ranged from 201.5 to 227.8 μM. During the night, the DO concentrations decreased in all coastal seawater except remaining unchanged in the subtropical seawater (Supplementary Figure S1). All of them showed consistent decreases during the day under dark conditions, representing oxygen consumption by bacterial respiration. Regarding using “seawater samples” as a random factor, the DO concentrations significantly decreased in the samples collected from B, M, and DD, along the time points under dark conditions (LMM: F2,52 = 63.40, p < 0.001, least-squares means: p < 0.001; Supplementary Table S2). The DO concentrations in all DL samples were significantly higher than those in all DD samples due to photosynthesis (LMM: F1,33 = 10.97, p = 0.002). The changes in DO concentration under sunlight exposure would reflect both production and consumption of oxygen. Quantitative evaluations were limited to use the changes in DO under dark conditions reflecting microbial respiration.

The fluorescence intensity of C1 was closely related to the DO concentration (LMM, random factor: “seawater sample”, p < 0.01) (Supplementary Figure S2). The slope value was −1.08 (±0.22) × 10–4 (fluorescent intensity/DO concentration; R.U./μM). Other two components, C2 and C3, were not found to be closely related to DO concentration in this study (p = 0.23 and 0.30, respectively).



Bacterial Composition

The composition of bacteria taxa varied among the seawater sample. Heterotrophic bacteria were predominant in four seawater samples, while cyanobacteria were predominant in two samples (Supplementary Figure S3). The order Chrolophyta, family Mamiellaceae accounted for 45 and 52% of the total bacterial abundance in the natural sample in Shimoda in August and the nutrients-added sample in Misaki bay, respectively. In addition, the order Synechococcales, family Synechococcaceae was one of the major bacteria groups in the subtropical Pacific.

Heterotrophic bacteria groups in the subtropical surface seawater differed from those of the coastal areas (Figure 5). Rickettsiales accounted for 45% of the total heterotrophic bacterial abundance in the subtropical Pacific. Among the order Rickettsiales, family Pelagibacteraceae was found as a major group (85–94% of the Rickettsiales), which is known as “SAR11 bacterial clade,” being the most abundant heterotrophic bacteria in the oceans worldwide (Morris et al., 2002). In Shimoda, Rhodobacterales, which belongs to Alphaproteobacteria class of Proteobacteria phylum, accounted for the highest proportion of 26–49%. Flavobacteria that belong to Flavobacteriia class in Bacteroidetes phylum accounted for 27 and 23% of bacterial taxa in the surface seawater in Shimoda in April and Misaki, respectively. Both bacterial groups of Rhodobacterales and Flavobacteria have been found to be the dominant groups associated phytoplankton bloom (Buchan et al., 2014).



DISCUSSION


Production of Humic-Like FDOM in Surface Seawater

Photobleaching due to sunlight exposure has been considered as one of the most essential processes in humic-like FDOM dynamics taking place in the surface layer because the fluorescence intensity of humic-like FDOM is always low (Omori et al., 2010; Jørgensen et al., 2011; Timko et al., 2015). However, for the intensity of humic-like FDOM to be steady in the surface layer, its photobleaching rate should equilibrate with its production rate. The fluorescence intensity of humic-like FDOM in the surface water from the North to South Pacific Ocean revealed higher intensity in the area with higher chlorophyll a concentration (Yamashita et al., 2017). This implied that humic-like FDOM production by biological activity originating from phytoplankton is one of the factors that impact its geographical distribution. Although its production in the surface layer is necessary to clarify the dynamics of FDOM, little research has been done on this (Nieto-Cid et al., 2006; Lønborg et al., 2015).

In this study, the fluorescence intensities of two components of humic-like FDOM, C1 and C2, indicated significant increase in samples B to DD (Figures 2, 3 and Tables 2, 3). Especially for C1, the fluorescence intensities in samples B, M, and DD were correlated with those of DO concentrations (Supplementary Figure S2). This experimental analysis strongly suggested that humic-like FDOM are produced as the by-products of microbial respiration processes in the surface seawater (Nieto-Cid et al., 2006; Lønborg et al., 2015) as well as in mid-deep ocean (Hayase and Shinozuka, 1995; Yamashita and Tanoue, 2008; Omori et al., 2010; Jørgensen et al., 2011; Catalá et al., 2015).

The microbial community in our experiments includes bacteria, archaea, and phytoplankton excluding large zooplankton. Among them, marine bacteria are considered to be one of the major producers of FDOM. Bacterial respiration in coastal surface seawater has been shown to account for over 60% of community respiration (Kirchman et al., 2009; González-Benítez et al., 2019), suggesting that the increase in C1 associated with oxygen consumption is mainly due to bacteria. Some experimental studies have evidenced that humic-like FDOM are produced from marine bacteria in the surface seawater under dark condition (Yamashita and Tanoue, 2003), artificial seawater added with natural bacteria community (Kramer and Herndl, 2004; Shimotori et al., 2009; Arai et al., 2018), and cultured experiments (Shimotori et al., 2012; Goto et al., 2017). Cyanobacteria were present as the dominant groups in the two samples of our experiments (Supplementary Figure S3). Since cyanobacteria directly produce humic-like FDOM (Zhao et al., 2017), it is considered that not only heterotrophic bacteria, but also photosynthetic bacteria contribute to FDOM production in the surface seawater. Phytoplankton can be considered as another FDOM producer. Although there is little knowledge on the FDOM production by phytoplankton, experimental study using 11 algal cultures showed that phytoplankton did not contribute to the FDOM pool (Rochelle-Newall and Fisher, 2002). Meanwhile, other studies showed the exudation of marine humic-like FDOM from four species of phytoplankton including diatom, dinoflagellate, and prasinophyte (Romera-Castillo et al., 2010, 2011). In our experiments, part of the increase in C2 (marine humic-like FDOM) that was not correlated with the oxygen consumption may be due to exudation from phytoplankton.

The ratio of the fluorescence intensities of C1 to C2 consistently increased from samples B to DD, except for the nutrient-added seawater of the subtropical Pacific (Supplementary Figure S4). The increase in C1/C2 indicated that the net production of C1 from microbial activity was higher than that of C2. The distribution of humic-like FDOM in the dark ocean also suggested the higher production per oxygen consumption of humic-like A (C1 in this study) than humic-like M (C2) (Catalá et al., 2015). According to Shimotori et al. (2012), the fluorescent property of humic-like FDOM derived from coastal bacteria varied depending on the bacteria taxonomic groups. They demonstrated that bacteria species belonging to Alteromonadales and Oceanospirillales, each accounting for approximately 10% in our experiments (Figure 5), produced humic-like A and M. Rhodobacterales, which was one of the main bacteria groups found in the samples collected from Shimoda and Misaki (Figure 5), only produced humic-like M. Although humic components produced by major bacteria groups detected in this study, including Flavobacteriales and Rickettsiales, have not been reported (Shimotori et al., 2012), an increase in C1/C2 implied that some bacteria groups that produced more humic-like A than M dominated during these experiments. Conversely, ratio C1/C2 in the nutrient-added seawater of the subtropical Pacific decreased from samples B to DD due to higher increase in the intensity of C2 than that of C1 (Figures 2, 3 and Supplementary Figure S4). Although bacterial composition was not determined in the nutrient-added subtropical seawater, it was considered that the composition might change to the species which actively produce humic-like M.

Difference in the bacterial degradability C1 and C2 is considered as another factor for the lower increase in the intensity of C2 than that of C1. Romera-Castillo et al. (2011) evaluated the FDOM behaviors in bacterial incubation experiments using marine phytoplankton exudates as the substrates. They demonstrated that humic-like M was consumed by bacteria and red-shifted humic-like FDOM (humic-like A) was stable to bacterial degradation. The lower increase in the intensity of C2 in our experiments could be due to its bacterial degradation just after production.



Diurnal Variations of Humic-Like FDOM and Their Photobleaching

In this study, it was experimentally demonstrated that humic-like FDOM varied diurnally in surface seawater from the bay to the pelagic ocean (Figures 2, 3). The fluorescence intensity of C1 significantly increased due to microbial production during the night and decreased due to photobleaching by sunlight exposure during the day (Figure 2). C2 also slightly increased during the night and significantly decreased during the day (Figure 3). In addition, both humic-like components were continuously produced via microbial metabolism during the day, as shown for samples DD (Tables 2, 3). These diurnal variations suggested that the production of humic-like FDOM and its photobleaching were happening simultaneously during the day. The mean TRd and TRi of C1 were estimated to be 0.14 and 0.11 day–1, respectively (Table 4). These similar turnover rates also supported the near equilibrium in the production and photobleaching of humic-like FDOM, with its level being low in the surface water.

The ratio of the fluorescence intensities of C1 to C2 of samples DL was significantly higher than those of samples DD (Supplementary Figure S5; LMM for C1/C2: F1,32 = 7.97, p < 0.01). The higher ratio of C1/C2 of samples DL indicated that the decrease in the intensity of C2 by photobleaching was higher than that of C1. C2 (humic-like M) was indicated to be more sensitive to photobleaching than C1 (humic-like A), which was consistent with the results obtained from the experiments that used humic-like FDOM derived from bacteria. Arai et al. (2018) compared the photodegradability of humic-like FDOM produced by bacteria in exposure experiments using a solar simulator. The ratio of intensity after 24-h exposure to the initial intensity was 10 and 48% for humic-like M and A, respectively. In contrast, results obtained from the experiments with humic-like FDOM from the natural seawater showed higher photosensitivity of humic-like A than M. Helms et al. (2013) conducted a photo exposure experiment with seawater collected from a depth of 674 m in the North Pacific Ocean and demonstrated that the fluorescence intensity of humic-like A decreased to 18% of the initial intensity, which was 25% for humic-like M. Light exposure experiments with deep seawater in the Sargasso Sea also indicated that the intensity of humic-like A significantly decreased during 24-h exposure, whereas change in the intensity of humic-like M indicated less photosensitivity (Timko et al., 2015). Thus, the photosensitivities of humic-like A and M in the deep ocean were inconsistent with those in the surface seawater and bacterial culture. Humic-like A and M in the deep ocean were considered to persist for long-term, estimated to be 400–600 years (Catalá et al., 2015), while those in the surface seawater and bacterial culture should be fresher than those in the deep ocean. Differences in the freshness of humic-like FDOM might affect the photosensitivities of humic-like A and M, even with same fluorescent properties in the deep and surface seawater.



Diurnal Variation of Tyrosine-like FDOM

The behavior of C3 reflects that of polypeptide and protein, including tyrosine, which was comparable as a labile DOM (Yamashita and Tanoue, 2003; Nieto-Cid et al., 2006; Lønborg et al., 2010, 2015). Changes in the fluorescence intensities of C3 from the beginning to the end of the experiments under dark conditions were found to be vary among the seven experiments (Figure 4). A slight change in C3 indicated the active occurrence of both microbial production and decomposition. Conversely, significant decreases in the intensity of C3 were found under sunlight exposure during the day (Figure 4). Although C3 production through phytoplankton photosynthesis has been expected to increase the fluorescence intensity of C3 during the day (Nieto-Cid et al., 2006), the rate of photobleaching due to sunlight exposure was probably higher than that of production. Culture experiments revealed that tyrosine-like FDOM was reduced by photoirradiation without bacterial activity (Mostofa et al., 2013; Arai et al., 2018). Therefore, the distribution of tyrosine-like FDOM in the surface layer was likely to vary by biological activity as well as photobleaching due to sunlight exposure.



Importance of Photobleached Humic-Like FDOM in Biogeochemical Cycle

Humic-like FDOM has been attracting attention as an indicator of the behavior of biological RDOM due to its dynamics. The global distribution of humic-like FDOM shows that humic-like A and M are suitable markers of RDOM with turnover time range of 400–600 years, indicating that the in situ microbial production of humic-like FDOM in dark ocean is a sink of reduced carbon in the timescale of hundreds of years (Catalá et al., 2015). Conversely, our experimental analysis estimated the turnover time of C1 in the surface seawater to be approximately 10 days, which was in the same range as that of biological labile DOM, such as carbohydrate and protein, with turnover times of 5–10 days (Benner and Amon, 2015). In this study, it was clearly shown that humic-like FDOM behaved as a highly dynamic fraction of marine DOM due to microbial production and photobleaching in the surface layer. However, the short turnover of humic-like FDOM implied a short life of its fluorophore, without reflecting the behaviors of organic carbon. Photobleached FDOM has been reported to undergo different processes after sunlight exposure: mineralization (Mopper et al., 1991), formation of low-molecular DOM, including oxygenated volatile organic compounds (Kieber et al., 1990; Mopper et al., 1991; Zhou and Mopper, 1997), transformation to biological labile DOM to be consumed by bacteria (Moran et al., 2000; Yang et al., 2020), and remaining as RDOM without the fluorescent property (Kramer and Herndl, 2004). Although no method exists for measuring FDOM lost fluorophore, it has been considered that it may remain as organic substances as post-FDOM (Omori et al., 2015).

The linear relationships between the fluorescence intensities of C1 and DO concentrations observed in the 1-day experiments (Supplementary Figure S2) facilitated the estimation of the net production of C1 in the photic layer. The slope of the intensities of C1 to DO concentrations was 1.08 ± 0.22 × 10–4 R.U. μM–1, comparable to 8.9 ± 1.8 × 10–3 μg QS sq. μM–1 when converted to an equivalent unit of quinine sulfate (Yamashita and Tanoue, 2008), which reflects the ratio of C1 production to oxygen depletion by microbial respiration. The slope obtained in this study was lower than that determined by the incubation experiments using surface seawater in a coastal upwelling region (2.7 ± 0.3 × 10–2 μg QS sq. μM –1; Nieto-Cid et al., 2006). Conversely, the slope found in this study was higher than that of the intensity and AOU observed in intermediate and deep waters in the Pacific Ocean (4.3–4.9 × 10–3 μg QS sq. μM –1; Yamashita and Tanoue, 2008; 2.9–3.9 × 10–5 R.U. μM –1; Tanaka et al., 2014, respectively). The production of humic-like FDOM per oxygen in the surface water was likely to be higher than that in the deep ocean.

del Giorgio and Duarte (2002) had estimated the respiration rate in the global photic layer as 3.9–5.1 Pmol O2 year–1, with this value mostly occurring due to bacterial respiration as the respiration rates of protozoa, zooplankton, and vertebrates generally account for less than 10% of the total respiration in the surface layer (del Giorgio and Duarte, 2002; Robinson and Williams, 2005). When we adopted these respiration rates, the net production rate of C1 in the global photic layer was calculated as 4.2–5.5 × 1017 R.U. year–1, comparable to 34–45 × 1018 μg QS sq. year–1. Globally, humic-like FDOM production rates in the mesopelagic (200–1000 m) and abyssal layers (1000 m–bottom) in the oceans were estimated as 12–16 and 0.74–0.91 × 1018 μg QS sq. year–1, respectively (Yamashita and Tanoue, 2008). The net production of humic-like FDOM obtained in this study was possibly thrice in the photic layer than in the dark ocean. This estimation implied that the potential production rate of humic-like FDOM in the photic zone was significantly high and approximately 75% of production in the ocean occurred in the photic layer. Thus, the low fluorescence intensity of humic-like FDOM in the photic layer did not indicate its low production rate but implied a state of equilibrium in its active production and photobleaching.

The active turnover of humic-like FDOM indicated the active formation of various FDOM derivatives after photobleaching. One of the FDOM derivatives is post-FDOM (Omori et al., 2015). Recent studies have suggested that organic matter of bacterial FDOM is mostly stable against light irradiation; however, fluorophore is highly sensitive (Arai et al., 2018). When post-FDOM was persistent to bacterial degradation (Kramer and Herndl, 2004), it could remain and contribute to DOM pool accumulated in the surface layer (Hansell et al., 2012; Hansell, 2013). Humic-like FDOM produced and photobleached in the surface layer possibly plays important roles in the biogeochemical cycle.



CONCLUSION

In this study, the diurnal variations in the fluorescence intensities of humic-like and tyrosine-like FDOM were demonstrated in incubation experiments using surface seawater. Humic-like A and M were observed to increase due to bacterial production during the night and both humic-like and tyrosine-like components decreased due to photobleaching under sunlight exposure during the day. In addition, both humic-like components significantly increased during the day under dark conditions, indicating that they were continuously produced during the day. Especially for humic-like A, same range obtained for TRi and TRd suggested that microbial production and photobleaching were almost in equilibrium, with the intensity of humic-like FDOM in the surface water always being low. Further, using the TRi of humic-like A and global respiration rates, the net production of humic-like FDOM in the global photic layer was estimated to be approximately 75% of the production in the entire ocean. This estimation indicated a state of equilibrium between the active production and photobleaching of humic-like FDOM. Future studies should examine the relationships between the changes in the fluorescence intensities of humic-like components and DO concentrations in different oceanic areas and seasons to accurately estimate the production of humic-like FDOM in the global surface layer.
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Aquifers are important reservoirs for organic carbon. A fundamental understanding of the role of groundwater ecosystems in carbon cycling, however, is still missing. Using sediment flow-through microcosms, long-term (171d) experiments were conducted to test two scenarios. First, aquifer sediment microbial communities received dissolved organic matter (DOM) at low concentration and typical to groundwater in terms of composition (DOM-1x). Second, sediments received an elevated concentration of DOM originating from soil (DOM-5x). Changes in DOM composition were analyzed via NMR and Fourier transform ion cyclotron resonance mass spectrometry (FT-ICR-MS). Carbon production, physiological adaptations and biodiversity of groundwater, and sediment prokaryotic communities were monitored by total cell counts, substrate use arrays, and deep amplicon sequencing. The experiments showed that groundwater microbial communities do not react very fast to the sudden availability of labile organic carbon from soil in terms of carbon degradation and biomass production. It took days to weeks for incoming DOM being efficiently degraded and pronounced cell production occurred. Once conditioned, the DOM-1x supplied sediments mineralized 294(±230) μgC L−1sed d−1, 10-times less than the DOM-5x fed sediment communities [2.9(±1.1) mgC L−1sed d−1]. However, the overall biomass carbon production was hardly different in the two treatments with 13.7(±4.8) μgC L−1sed d−1 and 14.3(±3.5) μgC L−1sed d−1, respectively, hinting at a significantly lower carbon use efficiency with higher DOM availability. However, the molecularly more diverse DOM from soil fostered a higher bacterial diversity. Taking the irregular inputs of labile DOM into account, shallow aquifers are assumed to have a low resilience. Lacking a highly active and responsive microbial community, oligotrophic aquifers are at high risk of contamination with organic chemicals.

Keywords: groundwater, oligotrophy, bacterial production, dissolved organic matter, mass spectrometry, carbon cycling, carbon use efficiency, microbial activity


INTRODUCTION

The water saturated terrestrial subsurface harbors the quantitatively most extensive freshwater ecosystems. Near ~100 times more freshwater occurs in the terrestrial subsurface than in surface waters (Danielopol et al., 2003). However, with the exclusion of light as energy source and an obviously minor contribution of chemoautotrophy, the predominantly heterotrophic communities in shallow aquifers are highly dependent on organic matter originating from the surface, received via groundwater recharge (Pabich et al., 2001; Goldscheider et al., 2006; Shen et al., 2015). While our knowledge on carbon cycling is well developed for surface waters (e.g., Drake et al., 2017; Tranvik et al., 2018), we still lack a detailed understanding of the fate of organic matter and its linkage to the heterotrophic production for groundwater ecosystems. Moreover, available knowledge almost exclusively corresponds to the groundwater component ignoring dissolved organic matter (DOM) and microbial communities attached to the sediment and/or rock matrix (Griebler et al., 2014; Hofmann and Griebler, 2018).

Groundwater is recharged from precipitation and seepage or surface water exfiltration into the subsurface. On its way down into the aquifer, seepage water is typically depleted in dissolved organic carbon (DOC) in terms of quantity and quality (Pabich et al., 2001; Lennon and Pfaff, 2005; Shen et al., 2015). In consequence, groundwater ecosystems are typically poor in organic carbon and energy (Aiken, 2002; Regan et al., 2017). However, at times of heavy rain and floods, shallow aquifers may receive irregular pulses of DOM (Jenerette et al., 2008; Peter et al., 2012a; Vaughan et al., 2017). Moreover, while there is plenty data on DOC concentration dynamics (e.g., Goni and Gardner, 2003; Strohmeier et al., 2013), only a few studies also addressed its change in composition and bioavailability with distance to surface and time (Einsiedl et al., 2007; Longnecker and Kujawinski, 2011; Peter et al., 2012b; Shabarova et al., 2014; Shen et al., 2015; Pracht et al., 2018; Wu et al., 2018). Even more important, the link between dynamics in DOM concentration and composition and heterotrophic production as well as microbial biodiversity remains largely unexplored.

It is well accepted that climate change is related to severe changes in global carbon cycling (Ciais et al., 2014). We lack detailed information on quantitative and mechanistic aspects of organic carbon turnover, sequestration, and release in groundwater ecosystems (Downing and Striegl, 2018), which is mainly governed by microorganisms. To better understand the carbon cycle in shallow groundwater, we thus need a first clue of the time and efficiency it is turned over, including a detailed understanding of its dynamics and molecular transformations, and partitioning into new microbial biomass and CO2. The few studies conducted indicate comparably low microbial carbon use efficiencies in oligotrophic aquifers (Thorn and Ventullo, 1988; Wilhartitz et al., 2009; Fasching et al., 2014; Hofmann and Griebler, 2018). This may explain, in combination with the comparable low DOC concentration and bioavailability, the rather low microbial biomass and activity present in oligotrophic aquifers, which is 1–4 orders of magnitude lower than in surface waters (Pedersen, 2000; Griebler and Lueders, 2009). Increased microbial biomass and activity is found in transition zones, i.e., the interface of the saturated and unsaturated zones as well as in the hyporheic zone (Madsen and Ghiorse, 1993; Griebler and Lueders, 2009; Stegen et al., 2015), or zones of organic contamination (Anneser et al., 2008, 2010; Herzyk et al., 2017).

In our study, we monitored microbial growth for groundwater and sediment communities in flow-through sediment microcosms, simulating a shallow sandy aquifer, for a period of 171 days. The model aquifer systems received a continuous supply of DOM, on one hand at a concentration and composition typical for oligotrophic groundwater (1.6–1.9 mg L−1) and, on the other hand, typical for a DOM pulse from forested land to the shallow aquifer (5.1–8.4 mg L−1) as a result of a heavy rain event, i.e., DOM at elevated concentrations and bioavailability. In detail, we examined changes in concentrations and composition of DOM when passing through the model aquifer by means of Fourier transform ion cyclotron resonance mass spectrometry (FT-ICR-MS), NMR, and DOC analysis. Depletion of individual DOM components was related to adsorption and microbial consumption and transformation. Microbial (prokaryotic) biomass and growth was monitored via flow cytometric counts of freely suspended and attached cells. Microbial activity and carbon production were evaluated by measuring intracellular ATP and carbon balancing. The immediate capability and short-term metabolic flexibility of microbes to degrade different classes of organic compounds were tested, running BIOLOG Phenotype MicroArray Carbon source plates. Finally, we looked into temporal changes in composition of the sediment bacterial communities exposed to low and high DOM supply by means of 454 pyrosequencing.



MATERIALS AND METHODS


2D-Aquifer Microcosms

Two 2D-flow-through microcosms (L: 0.95 × W: 0.01 × H: 0.13 m) were packed with freshly sampled aquifer sediment, wet sieved with groundwater for the fine to medium sand fraction (200–2,000 μm). The aquifer sand originated from a gravel pit near Munich, Germany (Rühle et al., 2013). For the establishment of a stable microbial community, the sediment was infiltrated with pristine, quaternary groundwater from a shallow, porous aquifer in Neuherberg (Germany) for more than a year before it was packed into the microcosms. Sediment packing was performed, avoiding inclusion of gas bubbles as described in Bauer et al. (2009). Peristaltic pumps (injection volume 58 μl min−1 port−1, Ismatec, Germany), equipped with Fluran tubing (1.02 mm ID, Ismatec, Germany), were used to maintain a constant groundwater inflow into the microcosms. To prevent changes in flow rates, tubings were changed once a week. At the outlet of the microcosm, another peristaltic pump was connected with a slightly higher pumping rate to maintain a small unsaturated zone and a constant flow field (Hofmann et al., 2016; Figure 1).
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FIGURE 1. Experimental setup of the 2D microcosms. Two microcosms were run in parallel. Both microcosms were supplied with feeding solution DOM-1x, DOM-5x, and groundwater. In microcosm A, DOM-1x was infiltrated to the top zone, groundwater to the middle zone, and DOM-5x to the bottom zone. In microcosm B, the order was in reverse. DOM-1x and DOM-5x were supplied through four adjacent inlet ports at the bottom and top of the microcosm, separated by three ports receiving only groundwater. DOM-1x and DOM-5x were composed from soil extract (low and high conc.) and groundwater mixed 5:1 at the inlets to the microcosm. For water sampling, only the outflow of the three top and bottom ports (sampling ports; SP) was used. The two sediment zones receiving extra dissolved organic matter (DOM) and traversing each of the microcosms in a longitudinal direction are termed “treatment zones” (horizontal dashed lines). Vertical sediment sections are termed segments (segments I–VII, vertical black lines). Sediment was collected regularly in tanks A and B from the top (location is highlighted by the gray bars in microcosm A).


Prior to the supply with the two feeding solutions, DOM-1x and DOM-5x, the sediment microcosms were infiltrated and conditioned with natural groundwater for 2 days. In consideration of the water retention time in the microcosm (14.8 h on average), sampling of sediments and outlet water took place with a delay of 1 day to the collection of inlet water. Prior to the supply of any extra DOM, our monitoring started collecting reference samples (t0) at the microcosms’ outlet that consisted of non-treated groundwater after it had passed the sediment. Time point 1 (t1) refers to the first samples at the outlet that contained feeding solutions, collected 24 h after the supply with DOM-1x and DOM-5x started.

Two microcosms were run in parallel, however, with a slightly different setup. Both microcosms had in common the supply with feeding solution one (DOM-1x), feeding solution two (DOM-5x), and natural groundwater. While in microcosm A, DOM-1x was infiltrated in the top zone, natural groundwater in the middle zone, and DOM-5x in the bottom zone, this order was in reverse in microcosm B (Figure 1). The feeding solutions (DOM-1x and DOM-5x) were infiltrated through four adjacent inlet ports at the bottom and top of the microcosm, separated by three ports receiving only natural groundwater. According to tracer results, the zones sampled were not affected by the other treatments. As a consequence of this pseudo-replication design, sediment receiving DOM-1x was available for sampling in microcosm A, and sediment receiving DOM-5x in microcosm B. The microcosms were run at 14°C. Feeding solutions DOM-1x and DOM-5x were spiked with the conservative tracers LiCl (f. conc. 25 mg L−1) and KBr (f. conc. 25 mg L−1). After passage of the feeding solutions through the microcosm, only the outflow of the three saturated top and bottom ports (termed treatment zones; Figure 1) was used for analysis. Due to transversal dispersion, ports 5–9 were affected by hydrodynamic mixing and not considered for further analysis. For better distinction, areas traversing the setup were divided into “treatment zones” (horizontal black lines) and vertical areas as “segments” (segments I–VII, vertical black lines). The gray areas in the upper microcosm (Figure 1) point at spots where sediment samples were collected.

Since the DOM feeding solutions had to be replaced once after 46 days, the results, wherever appropriate, are reported individually for the two experimental phases characterized by slightly different DOM input (Phase 1: t1–t46, Phase 2: t77–t171).



Groundwater and DOM Supplies

Natural groundwater was supplied on-line from the local shallow Quaternary sandy-gravely aquifer. The DOM stock solution was prepared by extraction of natural DOM from O and A horizons of a conifer forest soil from the area of Munich, Germany. Soil was mixed with ultrapure water (25% w/v) and shaken for 2 days at 12°C in the dark. Larger particles were then removed by sedimentation and centrifugation, followed by filtration (0.22 μm, PVF, Millipore, United States) of the supernatant. The resulting DOM stock solution was stored in the dark at 4°C until further usage.

The two differently concentrated DOM feeding solutions were prepared by autoclaving of a sufficient amount of groundwater under N2 atmosphere. Subsequently, the anoxic groundwater was mixed with aliquots from the DOM stock solution to receive a final DOC concentration of 5 and 25 mg L−1, respectively. LiCl or KBr was amended as conservative tracers as mentioned above. Biogon gas (80% N2, 20% CO2) was used to transfer the DOM solutions into sterile Tedlar bags (Restek, United States) and kept under hypoxic/anoxic conditions at 12°C during supply to the microcosms. Before entering the microcosms, the two different DOM solutions were combined with well oxygenated groundwater at a ratio of 1:5 to obtain the feeding solutions termed DOM-1x and DOM-5x.



Sampling of the Microcosm

Inflow water samples were collected by briefly disconnecting capillaries from the inlet ports of selected DOM-1x and DOM-5x zones. Water samples at the outlet were collected, with a delay of 1 day, at the microcosms outlets from each or selected ports into sterile falcon tubes at t0, t1, t7, t28, t46, t77, t97, t126, and t171.

To follow spatiotemporal dynamics within the microcosms, each microcosm was subdivided into seven segments [I (close to inlet) to VII (close to outlet), 13 cm in length each]. Sediment samples were obtained from the uppermost layer. Collection of sediments always started from the side of the outflow and ended at the inflow side. Similarly, to avoid sampling at already earlier disturbed points, collection of sediment within the individual sectors started at the side closer to the outlet (e.g., t0) and ended at the side closer to the inlet (t171). Small sediment cores of 3 cm depth using a sterile 3 ml-syringe with the head cut off were taken. Subsequently, the spot was immediately refilled with fresh, conditioned sediment. The upper 1.5 cm of the sediment cores collected were discarded, and the remaining sediment dedicated to different analyses. Sediment samples were collected before the supply of feeding solutions (t0) and at t46, t77, t126, and t171.



Physical-Chemical Variables

For the analysis of major ions, water samples were filtered through a 0.2 μm syringe filter (PVF, Millipore, United States) and 200 μl of filtrate measured in an ion chromatograph (Dionex ICS-1100; Thermo Fisher Scientific, United States) as described before (Anneser et al., 2008).

DOC concentration in water samples was determined after filtration (0.45 μm, PVF, Millipore, United States) and acidification with HCl to a pH of <2 as non-purgeable dissolved carbon with a TOC analyzer (Shimadzu TOC 5000A).



DOM Mineralization

Mineralization of organic carbon was calculated from the import and export of DOC for the respective treatment zones DOM-1x and DOM-5x in the microcosms. Only the period t28–t171 was considered, ignoring initial phases of DOM sorption and acclimatization of microbial communities. The mineralization rates may thus be understood as an “optimum” rate. Moreover, we did not consider in our calculations the carbon assimilated in microbial biomass, which was less than 5% in the DOM-1x treatment and less than <0.5% in the DOM-5x treatment.



DOM Composition


Fourier Transform Ion Cyclotron Resonance Mass Spectrometry

Around 250 ml of water samples were filtered through GF/F filters (Whatman, GE Healthcare) and further acidified using 32% hydrochloric acid (Merck, Germany) to pH 2. Each sample was extracted using Bond Elut PPL solid phase cartridges (100 mg, 1 ml; Agilent Technologies) following a protocol already described by Dittmar et al. (2008) and the methanolic solid phase extracts (SPE-DOM) were diluted 1:20 in pure methanol (Hypergrade LC-MS, Merck, Germany) prior to analysis by FT-ICR-MS.

Ultrahigh resolution FT-ICR mass spectra were acquired using a 12T Bruker SolariX mass spectrometer (Bruker Daltonik, Bremen, Germany) equipped with an Apollo II electrospray ionization (ESI) source in negative mode. SPE-DOM samples were directly injected into the ESI source with a flow rate of 120 μl h−1 at a nebulizer gas pressure of 220 kPa and a dry gas flow rate of 4 L min−1. The source temperature of 200°C was maintained to ensure rapid desolvatation in the ionized droplets. The spectra were acquired in the mass range of 150–1,000 m/z with a time domain of four megawords and 300 scans were accumulated for each spectrum. Spectra were first externally calibrated on clusters of a standard arginine solution and internal calibration was systematically done in the presence of natural organic matter reaching accuracy values lower than 1 ppm.

Calculation of elemental formulas for each peak was done in a batch mode by an in-house written software tool (Tziotis et al., 2011). The generated formulae were validated by setting sensible chemical constraints [N rule, O/C ratio ≤ 1, H/C ratio ≤ 2n + 2 (CnH2n+2), with element counts C ≤ 100, H ≤ 200, O ≤ 80, N ≤ 3, S ≤ 2 and mass accuracy window (set at ±0.5 ppm)]. Final formulae were generated and categorized into groups containing CHO, CHNO, CHOS, or CHNOS molecular compositions, which were used to reconstruct the group-selective mass spectra (Schmitt-Kopplin et al., 2010). The computed average values for H, C, N, O, and S (atom %) and the H/C and O/C ratios were based upon intensity-weighted averages of mass peaks with assigned molecular formulae, which comprised ~50% of observed mass peaks.



Nuclear Magnetic Resonance Spectroscopy

1H NMR detected spectra of SPE-DOM were acquired with a Bruker Avance NMR spectrometer at 800.13 MHz (B0 = 18.7 T) at 283 K. Around 200 μg (2 mg for forest soil extract) of solid, obtained by evaporation of SPE-DOM samples, was dissolved in ~50 μl CD3OD (Merck. 99.95% 2H) solution and analyzed with a 5 mm z-gradient 1H/13C/15N/31P QCI cryogenic probe (90° excitation pulses: 13C ~1H ~10 μs) in sealed 1.7 mm Bruker MATCH tubes (forest soil: 150 μl CD3OD, 3 mm MATCH tube). Acquisition conditions were identical to those described in Hertkorn et al. (2013). The number of scans ranges from 272 (forest soil leachate) to 4,544 (groundwater inflow) in 1D 1H NMR spectra (Bruker pulse sequence noesypr1d); further NMR acquisition conditions are given in Supplementary Table S2.




Community Substrate Usage

The metabolic diversity of the microbial community with respect to the usage of multiple substrates was assessed using Phenotype MicroArray Plates 1 and 2 (Biolog, United States; Low-Décarie et al., 2015) for water samples collected from DOM-1x and DOM-5x fed sediment at t171. The wells were loaded with 200 μl water sample and incubated for 25 days at 12°C in the dark. Changes in absorbance were evaluated once a day in a Plate reader (Victor 3, Perkin Elmer, United States) at a wavelength of 595 nm. According to their chemical properties, substrates were grouped into six classes (amines/amides, amino acids, carbohydrates, carboxylic acids, miscellaneous, and polymers; Preston-Mafham et al., 2002). Differences in substrate usage were analyzed by comparing the number of substrates of a group metabolized at different time points over the course of the incubation.



Microbiological Biomass and Activity

Total cell counts (TCC) of pretreated samples (100 μl sediment or 500 μl water) were determined after staining with SybrGreen I following the protocol of Bayer et al. (2016).

Total ATP in water samples was determined following a protocol of Hammes et al. (2010) with only slight modifications. In detail, 1 ml of water sample (triplicates) was warmed to 38°C and mixed with 50 μl of BacTiter-Glo solution (Promega, Germany). After 1 min of incubation with reagent, luminescence was directly measured by integrating 10 individual measurements, one each second, on a GloMax 20/20 Luminometer (Promega, Germany). Total ATP in sediment samples was determined after warming 200 μl portions of sediment (triplicates) to 38°C and shaking (900 rpm) for 15 min, followed by mixing with 100 μl of BacTiter-Glo reagent (Promega, Germany) and incubation for 2.5 min. Next, the mixture was diluted with 900 μl preheated (38°C) ultrapure water (Thermo Fisher, United States), briefly mixed and centrifuged for 10 s (25,000 g). The supernatant was then transferred into a fresh, autoclaved Eppendorf tube for immediate direct bioluminescence measurement. Calibration was performed by determining the luminescence of an ATP dilution series from 1.6 nM to 1.6 pM.



Microbiological Carbon Production

Bacterial growth efficiency (BGE; synonym to carbon assimilation efficiency and carbon use efficiency) was estimated for the different treatment zones in the microcosms and for different time periods. BGE was calculated via the total net increase of TCC (taking into account also newly imported cells from feeding solutions and washed out suspended cells) vs. the total flux of DOC (import vs. export of DOC mass over time for the respective zones). Again, DOC flux and turnover (ΔDOC) were determined for the treatment zones in the microcosms (sediment layers receiving either DOM-1x or DOM-5x) where dilution by transverse mixing could be ignored (Figure 1).



Bacterial Community Composition

Sediments for bacterial community analysis were collected when filling the microcosms (reference for t0), as well as at the end of the experiment (t171). At t171, sediment was collected from the individual segments of each treatment zone and pooled before DNA extraction and 454 deep amplicon sequencing. For extraction of total environmental DNA, we followed the extraction protocol of Pilloni et al. (2012). Purified DNA was stored at −20°C until further processing. For initial PCR reaction, the Primers Ba27f (5'-AGA GTT TGA TCM TGG CTC AG-3') and Ba907r (5'-CCT ATC CCC TGA GTT T-3') were used. For single direction reads, the 5'-end of the forward primer was fused with the specific sequence (5'-CGT ATC GCC TCC CTC GCG CCA TCA GXX XXX XXX XX-3'). For separation of different samples, the X-region was replaced by different multiplex identifier sequences (MID) recommended by Roche (Roche, Germany). Results from pyrosequencing were analyzed using Version 1.38.0 of the mothur software (Schloss et al., 2009). Since the data from each of the two replicate treatment zones were very similar, mean communities of DOM-1x and DOM-5x treated sediments are shown.



Statistical Analyses

Statistical differences in community data were analyzed by a two-sided t-test with equal variance. Significance between different treatments along a timeline was analyzed using one-vector ANOVA with repeated measurements. Significance was assumed at p <0.05.




RESULTS


Hydrological Flow Regime in the Microcosms

The conservative tracers amended to the two DOM feeding solutions, LiCl (DOM-1x) and KBr (DOM-5x), allowed to select zones for later sampling that were not or only marginally affected by transverse mixing (Figure 1). In consequence, water samples were collected only from the ports 2–4 (upper treatment zone) and 10–12 (lower treatment zone). Recovery of the conservative tracers in these zones was close to 100%. Similarly, sediment sampling during the experiment and at the end of the experiment focused only on these upper and lower treatment zones of the microcosms, respectively. Break-through curves of both conservative tracers revealed a mean water residence time of 14.8 h (data not shown).



DOC and Nutrient Patterns

After the mixing of natural groundwater with fresh soil extract at the microcosms inlets, the two feeding solutions, i.e., DOM-1x with only a moderate amendment of DOC [+38% (phase 1) and +25% (phase 2)] and DOM-5x with a pronounced amendment [+440% (Ph1) and +715% (Ph2)], infiltrated the sediment microcosms. Feeding solution DOM-1x contained a DOC concentration of 1.90(±0.10) mg L−1 in experimental phase 1 and 1.57(±0.36) mg L−1 in phase 2. Feeding solution DOM-5x contained 5.15(±1.63) mg L−1 in Ph1 and 8.37(±0.54) mg L−1 in Ph2, respectively. The natural groundwater (GW) used in our study contained DOC at a concentration of 1.31(±0.42) mg L−1, exhibiting moderate fluctuations (min 1.09 mg L−1; max 2.03 mg L−1) throughout the 171 days of the experiment.

The concentration of dissolved nitrate (N-NO3−) and orthophosphate (P-PO43−) in pristine groundwater ranged from 1.1 to 1.2 mg L−1 and from 23.3 to 59.9 μg L−1, respectively, over the course of the experiment. The DOM-1x and DOM-5x feeding solutions contained 1.1 mg L−1 (Ph1) and 1.2 mg L−1 (Ph2), as well as 1.3 mg L−1 (Ph1) and 1.9 mg L−1 (Ph2) N-NO3−, respectively. Values of P-PO43− ranged between 23.3 and 59.2 μg L−1 in DOM-1x, and 24.3 and 64.9 μg L−1 in feeding solution DOM-5x.

During passage through the sediments, DOM-1x was reduced by 23% (Ph1) and 24% (Ph2), respectively, in terms of DOC concentration. In the DOM-5x fed sediment zones, DOC was reduced by 35% (Ph1) and 53% (Ph2; Figure 2). In more detail, during early Ph1, the zones receiving DOM-1x exhibited no significant (p > 0.05) attenuation of DOC. Only later in Ph1 (>t28) and during the entire Ph2, the DOC concentration at the outlet of the DOM-1x fed sediments dropped below the inflow concentrations, showing a significant difference (p < 0.05) at t46, t77, and t171 (Figure 2). The sediments receiving DOM-1x did at no time provide evidence for quantitative sorption of DOC. In contrast, the sediments supplied with the DOM-5x solution, exhibited a significant (p < 0.05) reduction in DOC right from the beginning, however, with an outlet concentration that showed a quasi-exponential recovery within the first 4 weeks (t28). The difference between the outlet concentration at t1 and t28 is, besides a slowly establishing biodegradation activity, mainly referred to attenuation by abiotic sorption (Figure 2). For the following time period t28 until t171, adsorption ceased and the reduction of DOC was attributed to biological degradation.
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FIGURE 2. Depletion of dissolved organic carbon (DOC) during passage through the sediments of the two microcosms supplied with DOM-1x and DOM-5x. Data are mean values ± SD. Each of the two microcosm contained a DOM-1x and DOM-5x zone (biological replicates). For the individual sediment zones of each tank, additional technical replicate measurements were performed.


Total DOC turned over (mineralization and assimilation) in the treatment zones accounted for 16.7 and 170.1 mg C in the DOM-1x and DOM-5x treatment zones, respectively, within the 171 days of the experiment. Calculations refer to an active sediment volume of 332.5 cm3 (= size of the individual treatment zones; see Figure 1), a porosity of 48%, a porewater volume of 159.6 ml and a mean water residence time of 14.8 h. In consequence, 1 L (dm3) of DOM-1x fed sediment mineralized on average 294(±230) μg C per day, the same volume of DOM-5x fed sediment mineralized 2.9(±1.1) mg C L−1sed d−1. Values on DOC mineralization ignore the carbon assimilated into prokaryotic biomass, which was <5% in the DOM-1x treatment and 0.5% in the DOM-5x treatment (for more details see below).



Dynamics in DOM Composition

High-field NMR spectroscopy and FT-ICR mass spectrometry demonstrated structural and compositional changes of DOM during passage through the microbial active aquifer sediments (Figures 3, 4). 1H NMR spectra, available for natural groundwater and the DOM-5x treatment, revealed a high similarity in DOM composition for the natural groundwater, and natural groundwater after sediment passage (t0), but clearly distinct chemical environments of the soil leachate DOM-5x as expected (Figure 3B). The eluate of DOM-5x fed sediments at t7 still exhibited an overall similarity to the feeding solution (Figure 3A) but showed a relative depletion of certain compound groups caused by sorption to sediment particles (Figure 3C and Supplementary Figure S1). After 171 days of operation (t171), the eluate from DOM-5x fed sediments collected at the microcosm outlets were most similar to natural groundwater (Figures 3A,B). Our results show that following a period of abiotic sorption and activation of the microbial communities, biodegradation processes in the DOM-5x fed sediments efficiently removed bioavailable DOM components originating from the soil leachate and turned the DOM from a soil leachate to a typical groundwater DOM in terms of relative abundance of key substructures. This finding was also strongly supported by the FT-ICR-MS analysis which revealed similar patterns for samples collected from the DOM-5x treatment zones (Figure 4C). In more detail, the NMR analysis showed that groundwater DOM featured the highest content of pure aliphatics (CCCH units; Table 1) and the lowest content of oxygenated aliphatic groups. In contrast, the soil leachate (feeding solution DOM-5x) was much more oxidized than the groundwater DOM and contained large fractions of potentially lignin-derived aromatic and phenolic units (Supplementary Figures S2, S3). The group of oxygenated aliphatics included a large complement of carbohydrates, aromatic and aliphatic methyl esters and methyl ethers, peptides, and carboxyl-rich alicyclic matter (Supplementary Figure S3). After 1 week of operation of the microcosms, DOM-5x that has passed the active sediments showed a selective depletion in aromatic methyl esters and -ethers by ~35% (Supplementary Figure S1C), in line with a known preferential sorption of aromatic compounds (Chefetz and Xing, 2009; Young et al., 2018; Subdiaga et al., 2020). After 171 days of experiment, the long-term supply of DOM-5x has led to an altered dynamic equilibrium, with increased proportions of aromatic and olefinic molecules as well as aliphatic methyl esters, compared with the DOM from t0 (Supplementary Figures S1A,B). In fact, these compounds, initially attenuated by sorption, now quantitatively passed the sediments. A more detailed description of spatiotemporal dynamics in 1H NMR spectra is provided in the SI.
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FIGURE 3. Hierarchical cluster analysis (A) and principal component analysis (B) derived from 1H NMR spectra (800 MHz, CD3OD) of porewater solid phase extracts (SPE)-DOM from DOM-5x (C) supplied sediments. HCA and PCA were computed with NMR section integrals of 0.01 ppm bucket width, with exclusion of HDO and HD2COD.
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FIGURE 4. (−)ESI Fourier transform ion cyclotron resonance mass spectrometry (FT-ICR-MS)-derived principal component analysis (A) and hierarchical cluster analysis (B) of groundwater and DOM-1x and DOM-5x feeding solution and eluates at different time points. (−)ESI FT-ICR mass spectra of groundwater and DOM-1x (C; left panel) and DOM-5x (D; right panel) feeding solutions and eluates; asterisk: doubly charged ions.




TABLE 1. Section integrals for key substructures [derived from 1H NMR spectra (800 MHz, CD3OD) of microcosm SPE-DOM (PPL; see also Supplementary Figures S2, S3)].
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FT-ICR mass spectra of feeding solution DOM-5x showed a higher mass range and a more complex pattern than all other samples (Figure 4C), in line with the prominent signature of oxygenated aliphatic and aromatic functional groups observed with the NMR spectra (Figure 3C and Supplementary Figure S1). FT-ICR-MS revealed a different temporal evolution of DOM processing for CHO, CHNO, CHOS, and CHNOS molecular series in DOM-1x and DOM-5x treatments (Figure 4A and Supplementary Figures S4, S5).

The temporal evolution of the average mass in DOM-5x treatments was consistent with a continual degradation from larger to smaller molecules (Supplementary Table S2). For example, turnover of CHO compounds between t0 and t7 shifted toward smaller molecules and slightly more deoxygenation at otherwise similar H/C ratios (H/C ratio ~0.8–1.5). At t171, the group of oxygenated, lignin-like compounds of relatively high mass (m/z > 450 Da) was depleted (Supplementary Figures S4, S5). Furthermore, only highly oxygenated CHO (with m/z < 450) and CHNO compounds (O/C ratio > 0.4) disappeared. Selectively processed CHOS molecules were lipid-like and of weak to considerable unsaturation. More details on FT-ICR-MS results are provided in the SI.

The FT-ICR-MS analysis of the DOM-1x treatment demonstrated that the minor amendment of soil extract to natural groundwater (feeding solution DOM-1x) did not cause a significant change in overall DOM composition (Figure 4C). Apart from that, the DOM in the water samples collected after sediment passage at t0, t7, and t171 was very similar to that in natural groundwater and the feeding solution DOM-1x, as revealed from a hierarchical cluster analysis and a principal component analysis (Figures 4A,B). No evidence was found for quantitative sorption of DOM in the early phase of the experiment with samples from the DOM-1x treatment. However, minor compositional changes pointed at an attenuation of some large and highly oxygenated molecules (Supplementary Figure S4). With an ongoing adaptation of the sediment microbial communities, molecules with a high mass, high oxygenation, and unsaturation were selectively depleted. Lignin-like CHO and CHNO compounds and lipid-like CHOS compounds were reduced in relative intensity (Supplementary Figure S4).



Changes in Bacterial Biomass and Activity

The natural groundwater that constituted the major part of the feeding solutions contained 7.4 × 104(±6.4 × 104) cells ml−1. The abundance of bacterial cells attached to the aquifer sediment at the beginning of the experiment was 3.7 × 105(±5.7 × 104) cells cm−3 sediment. Assuming a sediment porosity of 48%, this translates into a ratio of attached to suspended cells per unit sediment volume of 11:1. In the regularly sampled DOM-1x receiving sediments, the number of attached cells remained close to the starting conditions in the early phase (Ph1) of the experiment (≤46 days) with only a slight in‐ or decrease in the individual segments by 2 to 4-fold (Figure 5A). Only from t77 on until t171, the sediment TCC substantially increased, to a final 13-fold higher cell concentration (4.42 × 106 ± 3.47 × 105 cells cm−3) at the inlet (segment I) and a 9-fold higher number (2.96 × 106 ± 1.3 × 105 cells cm−3) at the outlet (segment VII; Figure 5A). Sediment cell numbers determined at t77, t126, and t171, although still slightly rising with time did not reveal a statistically relevant difference (p < 0.05). Similarly, at the end of the experiment (t171), sediment, cell numbers at the inlet and outlet of the DOM-1x zones showed no significant difference (p > 0.05). A linear decrease of cell numbers from the sediment at the inlet to the sediment at the outlet statistically best described the final pattern (Supplementary Figure S6). In fact, the period of most pronounced growth of sediment bacteria was between t46 and t77 (Figure 5A).
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FIGURE 5. Dynamics of sediment bacterial biomass (A) and activity (B) over 171 days of incubation. The microcosms were infiltrated by the DOM-1x and DOM-5x feeding solution from left to right, entering the microcosms at sector I and leaving at sector VII. Samples were collected from the top sediment layer of each microcosm. Values are means of duplicate measurements of technical replicates.


Sediment bacterial biomass developed rather differently in the DOM-5x receiving sediment zones. Already during the early phase (Ph1) of the experiment (≤46 days), the sediment TCC exhibited a pronounced increase that continued until t171 with a maximum concentration of 2.9 × 107(±6.45 × 105) cells cm−3 (92-fold increase) at the microcosm inlet. In segment VII at the outlet, sediment TCC reached 4.32 × 106(±1.9 × 105) cm−3 and thus a 14-fold increase in comparison to the starting concentration. Even more pronounced than with the DOM-1x treatment, the sediment bacterial biomass started to level off with t77 (Figure 5A). The period of most significant growth of sediment bacteria was between t1 and t77. Opposite to the DOM-1x sediment, TCC were found significantly different (p < 0.05) between the segments close to the inlet and outlet at the end of the experiment. An exponential decrease in cell numbers from segment I to VII statistically best described the pattern observed at t171 (Supplementary Figure S6).

The activity of the sediment bacterial community, measured by total ATP, increased by a factor of 10 in the DOM-1x supplied zones already in the early phase of the experiment (≤46 days), even before an increase in biomass (TCC) was observed (Figure 5B). Later, ATP values showed no further remarkable changes until the end of the experiment (t171), irrespective of the increase of biomass. The spatial distribution of microbial activity exhibited a trend of decreasing activity from the inlet to the outlet of the microcosm (inlet value about 40% higher at t171), however, values in inlet segment I and outlet segment VII were not significantly different (p > 0.05). Microbial activity patterns developed differently in the sediments receiving DOM-5x. First, activity rose more than 60-fold in the inlet segment within the first 46 days of the experiment compared with a 10-fold increase in the outlet segment. This time, however taking the coarse temporal resolution into account, the rise in activity was parallel to an increase in biomass (Figure 5), at least in the sediments close to the microcosm’s inlet. At t171, the spatial distribution of bacterial activity across the microcosm exhibited similar values in the inlet and outlet sediments.

The direct comparison of the sediment bacterial abundance after 171 days for the two treatments, i.e., supply with DOM-5x and DOM-1x feeding solution, revealed 7-fold higher cell counts in the DOM-5x sediments close to the inlet and 1.5-fold higher counts at the outlet (Supplementary Figure S7). The comparison of sediment bacterial activities showed 5–30-fold higher values in the segments I and II, and 2-fold higher activities close to the outlet for DOM-5x treatment (Supplementary Figure S7).

For the 171 days of experiment, samples could be collected only from the top sediments of the two microcosms, resulting in only a single set of samples from the individual segments (I–VII) and treatments (DOM-1x and DOM-5x). However, at the end of the experiment (t171), the two microcosms were sacrificed to provide biological duplicate measurements of the two treatments (Figure 6). In fact, the bacterial biomass in the sediments that have received DOM-1x coincided well between microcosm 1 and 2; no significant differences were calculated (p > 0.05). A similar result was obtained for the DOM-5x receiving sediment segments, however, here with moderately higher TCC in microcosm 2; again not significantly different (p > 0.05) from microcosm 1. Figure 6 shows the final situation for sediment bacterial abundance (TCC) depicted as mean values from two replicate zones receiving either DOM-1x or DOM-5x feeding solution.
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FIGURE 6. Spatial distribution of sediment bacterial biomass (TCC) and activity (ATP) in the sediment zones that received DOM-1x (here upper segment) and DOM-5x (lower segment) feeding solution at the end of the experiment (t171). The contour plots combine data from sediment segments of the two microcosms that were subject to similar DOM supply.


If one wants to estimate the total number of bacterial cells, and thus bacterial carbon produced during the course of the entire experiment, attached and suspended cells need to be considered in combination. The number of cells introduced to the microcosms already mentioned above, was in the range of 7.4 × 104(±6.4 × 104) ml−1. The number of bacterial cells continuously washed out from the microcosms was very stable over the entire experiment and, surprisingly, in the same range for the sediment zones receiving DOM-1x and DOM-5x, accounting for 9.30 × 105(±5.20 × 105) and 9.03 × 105(±5.04 × 105) ml−1, respectively (Supplementary Figure S8). In comparison to the cells continuously imported into the microcosms, the number of exported cells were significantly higher (p < 0.05) by more than one order of magnitude. Since the total amount of cells transported out of the microcosms exceeded the increase of biomass in the sediments by far, the total bacterial biomass produced in the sediments receiving DOM-5x was only marginally higher than in sediments receiving DOM-1x (see below). In consequence, BGE was higher in DOM-1x fed bacterial communities.



Bacterial Carbon Production and Bacterial Growth Efficiency

Bacterial carbon production was estimated from the overall increase of bacterial cells (ΔTCC) taking into account the import and export of suspended cells, as well as the dynamic change in sediment associated bacteria. Data refer to a specific sediment volume of 332.5 cm3 (= treatment zone; see Figure 1) with a porewater content of 159.6 ml assuming 48% porosity, and a mean water residence time of 14.8 h. Over the entire experiment, the DOM-1x fed sediment segment produced 3.89 × 1010 cells equal to 780 μg C, applying a conversion factor of 20 fg C cell−1. The DOM-5x fed sediment segment produced 4.06 × 1010 cells equal to 810 μg C. If one analyzes the overall carbon production for the individual phases of the experiment, it becomes clear that the significant differences with DOM-1x and DOM-5x fed sediments found in the number of attached cells (Figures 5A, 6 and Supplementary Figure S7A) are of only minor importance for overall production. The DOM-1x fed sediments produced on average 13.7(±4.8) μg biomass C L−1sed d−1. The DOM-5x fed sediments produced 14.3(±3.5) μg biomass C L−1sed d−1. Taking into consideration the quite similar BCP and the different amounts of organic carbon mineralized in the DOM-1x and DOM-5x treatments, striking differences are observed for the efficiency bacteria assimilated the organic carbon.

The bacterial carbon use efficiency (CUE) and thus the BGE were higher with the bacterial communities in the sediments receiving less in total and less in fresh DOM. When calculated from the dynamic changes in DOC and TCC, the BGE for the entire experiment with the DOM-1x treatment was 4.7% (Table 2). Evaluating the different phases of the experiment, the sediment bacterial communities performed quite efficient at the beginning, i.e., BGEs of 8.9% between t0 and t46 and 10.4% for t28–t46. Lower values were calculated for the early second phase (Ph2). Toward the end of the experiment, a value of 8.9% (t126–t171) was obtained (Table 2).



TABLE 2. Bacterial growth efficiencies (BGE) in the sediments fed by DOM-1x and DOM-5x, respectively, and individual periods of incubation.
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The BGEs for the communities calculated from ∆DOC/∆TCC in the DOM-5x fed sediments revealed a mean value of only 0.5% for the entire experiment. Here, at the beginning, i.e., t0–t46 and t28–t46, the BGE was around 1 and 2.5%, respectively. In the second phase of the experiment with the higher DOM import, the BGE dropped to 0.2–0.4% (Table 2).



Carbon Utilization Patterns

Our tests for the metabolic flexibility in using different carbon sources of the groundwater microbial communities washed out of the DOM-1x and DOM-5x fed sediments at t171 revealed several differences. In the early phase of incubation of the carbon utilization test system (≤86 h), signals of pronounced degradation were obtained only for carbohydrates and carboxylic acids, with the DOM-5x fed communities being metabolically more versatile in the beginning (Figure 7). With a delay (≥128 h), transformation of amines increased in importance and degradation of amino acids started. Here, initially (until 224 h) the DOM-1x communities utilized a greater substrate diversity. The conversion of polymers started first (176 h) with the microbial communities originating from the DOM-1x fed sediments and remained most pronounced throughout the entire incubation (Figure 7). The differences in usage of different groups of substrates within the two communities were statistical significant for the respective substrate groups (ANOVA, p < 0.05).
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FIGURE 7. Comparison of substrate utilization by the microbial communities from the DOM-1x and DOM-5x fed sediments.




Dynamics in Microbial Community Patterns

At the end of the experiment (t171), the individual segments of the treatment zones were sampled for sediments and analyzed together with samples from before the DOM treatment (t0) by 454 deep amplicon sequencing. At the start of the experiments, the sediment bacterial community was dominated by Proteobacteria (93%). Within this phyla, Betaproteobacteria were most prominent (43%), followed by Alphaproteobacteria (12%) and Gammaproteobacteria (10%). Other identified phyla included Actinobacteria (5%) and Bacteroidetes (1%; Figure 8).
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FIGURE 8. Bacterial community composition in fresh aquifer sediment and in the sediments receiving DOM-1x and DOM-5x for 171 days.


In the bacterial communities of the DOM-1x sediments from day 171, the fraction of Proteobacteria accounted for 59%, exhibiting a significant decrease in proportion compared to t0 (p < 0.05). Moreover, the former dominating Betaproteobacteria (now 17%) were taken over by the Alphaproteobacteria (37%). The fraction of Gammaproteobacteria remained rather stable (9%). Actinobacteria (now 17%) as well as Bacteriodetes (now 3%) gained importance. The decline in Proteobacteria was accompanied by the emergence (>1% relative abundance) of other phyla such as Planctomycetes (5%), Acidobacteria (5%), Nitrospirae (3%), and Firmicutes (2%; Figure 8).

A similar change in dominance within the Proteobacteria was also observed for the DOM-5x sediment communities. Here, Proteobacteria declined to a relative proportion of 66% with Alphaproteobacteria (35%) being most abundant followed by Betaproteobacteria (18%), Gammproteobacteria (10%), and Deltaproteobacteria (2%). Also the patterns of the other phyla were very similar to the DOM-1x sediment community. In detail, Actinobacteria accounted for 11%, Planctomycetes for 6%, Acidobacteria for 6%, Bacteroidetes for 3%, and Nitrospirae for 2% of relative abundance (Figure 8). Jaccard’s similarity of the two treatments, DOM-1x and DOM-5x, was 0.882.

Based on the deep-sequencing data, we also determined the bacterial richness, the Shannon-Wiener diversity, and the evenness. After 171 days, the bacterial richness and diversity was found considerably increased in the inlet area of the sediments fed with the DOM-1x and DOM-5x solutions in comparison to the untreated fresh sediment at t0 (Supplementary Figure S9). The DOM-5x sediments exhibited highest values with an R = 139 and a H' = 3.8, while the DOM-1x sediments revealed an R = 92 and H' = 3.5. With distance to the inlet, these measures declined in both treatments (DOM-1x and DOM-5x). However, while in the DOM-1x treated sediments values at the microcosms outlet area did not significantly differ (p > 0.05) from the starting conditions (R = 32, H' = 2.7), the bacterial communities in the DOM-5x sediments revealed an elevated diversity throughout the microcosms (Supplementary Figure S9B).




DISCUSSION

Apart from the comparable low concentrations of microbial cells per volume, groundwater ecosystems constitute a significant reservoir of organic carbon and biomass due to its enormous dimensions, which by far exceed those in soils and surface waters (Magnabosco et al., 2018). However, because of its difficult accessibility, organic matter transformation and its linkage to prokaryotic production in oligotrophic aquifers have rarely been investigated in detail. Our study in sediment flow-through model aquifers is a first step toward a better understanding of ecosystem functioning with emphases on carbon turnover and microbial carbon production, physiological adaptations, and biodiversity. This study revealed several important findings. First, DOM from soil extract, simulating a pulse of organic matter entering the groundwater system at times of heavy rain and high groundwater recharge, was, after an initial phase of abiotic sorption, substantially degraded along with an increase in sediment associated bacterial biomass and activity. In contrast to sediments that received DOM characteristic for oligotrophic groundwater in terms of concentration and composition, the fresh soil OM in DOM-5x supplied sediments led to a much higher standing stock of prokaryotic biomass. However, the overall biomass production, taking into account the biomass that was continuously transported out of the microcosms by water flow, was only slightly different between the two treatments, pointing at a much lower carbon use efficiency of the microbial communities supplied with the soil extract that contained a more easily degradable share. Second, passage through 1 m of conditioned microbial active aquifer sand turned the DOM from soil leachate to typical groundwater DOM in terms of composition and structural features. Furthermore, onset of pronounced conversion of DOM as well as bacterial growth took a few weeks rather than hours or days, with the early period of the experiment characterized by DOM sorption and an increase in cell-specific microbial activity uncoupled from growth. Finally, a higher diversity in DOM composition fostered a higher bacterial diversity. With respect to physiological adaptation, microbial communities that have seen only the more stable and refractory DOM from oligotrophic groundwater performed better in degrading more complex organic compounds. The individual findings are briefly discussed in the following in comparison to the state of knowledge.


DOC Removal and Microbial Growth With Variable DOM Supply

Soil and sediment layers covering groundwater ecosystems protect the subterranean environment from surface related impacts. At the same time, they shield the down below habitats and its communities from important energy sources, i.e., organic carbon, originating from surface terrestrial and aquatic environments (Griebler et al., 2014; Hofmann and Griebler, 2018). During its passage to the aquifer, organic carbon in soil seepage water and surface water recharging aquifers is significantly reduced in concentration and easy degradable compounds (Fredrickson et al., 1989; Kalbitz et al., 2000; Pabich et al., 2001; Shen et al., 2015). In consequence, oxic aquifers are typically oligotrophic (of low productivity) and hold groundwater that is poor in organic carbon (Regan et al., 2017; Hofmann and Griebler, 2018). These conditions are also mirrored in the comparably low abundance and activity of prokaryotic cells, 10–100-times less than in oligotrophic surface waters (Pedersen, 2000; Pedersen et al., 2008; Griebler and Lueders, 2009; Fillinger et al., 2019).

Currently, only a few studies have addressed the turnover of organic carbon in non-contaminated, oligotrophic aquifers in terms of concentration (Baker et al., 2000; Hofmann and Griebler, 2018) and composition (Leenheer, 2002, Einsiedl et al., 2007; Longnecker and Kujawinski, 2011; Shabarova et al., 2014; Pracht et al., 2018), as well as the linkage of DOM mass and quality to microbial growth and secondary production (Hofmann and Griebler, 2018; Wu et al., 2018). Moreover, most studies were carried out in batch or only considered the mobile groundwater phase, neglecting the sediment matrix as important place for microbial life and sorption for organic matter.

Our study addressed the fate of DOM from soil seepage water and groundwater when passing through about 1 m of microbial active sandy aquifer sediment. Additionally, the prokaryotic growth and productivity was evaluated over time in the water and sediment matrix. For the reason of comparison, we simulated two scenarios. First, an oligotrophic aquifer that is infiltrated with natural groundwater which is only very moderately amended with DOM originating from soil; a situation that mimics a period of low groundwater recharge (termed DOM-1x). Second, we simulated the import of DOM from soil at an elevated concentration and different in composition; a situation that mimics a long-term recharge event initiated by periods of heavy rain (termed DOM-5x).

Similar to earlier observations in batch experiments with DOC-poor groundwater (Hofmann and Griebler, 2018), it took several weeks (>28 days) until a significant reduction in DOC concentration was observed in the sediments supplied with DOM-1x (Figure 2). The subsequent DOC removal of 23–24% is slightly less compared to the original 25–38% amendment of soil extract to groundwater in DOM-1x. The aquifer sediments that received mainly soil extract with an elevated DOC concentration (DOM-5x) exhibited a faster onset of bacterial growth and increase in sediment prokaryotic biomass (Figure 5A). The pronounced attenuation of DOM observed right from the beginning is attributed to adsorption of selected DOM fractions (Figure 2). Later, ≥t28, sorption processes lost importance and DOC removal was driven mainly by microbial mineralization. No evidence was gained for quantitative sorption in the DOM-1x fed sediments (Figure 2) which showed an average DOC removal rate of 294(±230) μg C L−1sed d−1, 10-times lower than in the DMO-5x sediments [2.9(±1.1) mg C L−1sed d−1].

Our findings are in agreement with own earlier observations from groundwater batch experiments. In detail, the DOC-poor groundwater in oligotrophic aquifers sustained a comparably low growth and productivity (Hofmann and Griebler, 2018). DOM when mobilized from soil and entering the aquifer come along with some labile fractions (Pracht et al., 2018). However, aquifer sediment microbial communities that see DOM pulses for only short (hours to days) and irregular intervals with interruptions longer than the pulses, are hypothesized not able to spontaneously respond. Dependent to the DOM quality, it may take several days to a few weeks until pronounced carbon turnover establishes. Even more delayed is the growth of microbes and buildup of a higher biomass standing stock (Hofmann and Griebler, 2018). Similar findings come not only from groundwater batch experiments but also from managed aquifer recharge sites (Foulquier et al., 2010, 2011). These latter studies emphasize that the typical short exposure time of microorganisms to DOM pulses from land surface and soil may not allow substantial microbial growth and carbon removal. The observation that higher loads of DOM from the soil and vadose zone rapidly disappear with distance and depth in the aquifer led us to the conclusion that dissolution (Foulquier et al., 2010) and sorption (Leenheer, 2002; Pracht et al., 2018) are most responsible for the fast attenuation of DOM in the initial phase of pulses.

In transition zones that receive a continuous flux of bioavailable DOM, the preparedness of microbial communities in terms of active biomass and biodegradation plays an important role. Our results invite speculations that these zones are characterized by a higher standing stock of microbial biomass but are rather small in spatial dimension. In the microcosms used in our study, most of the prokaryotic biomass newly formed was, after 171 days, concentrated in the first 25 cm of sediment from the inlet (segments I and II; Figures 5A, 6). While in the DOM-5x fed sediments, an exponential decrease of microbial biomass with distance to the microcosm inlet was observed (Supplementary Figure S6), there was no clear pattern in sediment prokaryotic cell numbers of zones receiving DOM-1x. The slight decrease in cell abundance with distance to the inlet could be described by a linear function (Supplementary Figure S6).

It should also be mentioned that the batch study of Wu et al. (2018) drew a different picture of a groundwater microbial community in which, with a delay of only 1.5 days, microbes responded to sediment derived DOM supply in terms of organic matter removal and growth. Moreover, the bacterial density increased extremely fast by two orders of magnitude (from 105 to 107 cells ml−1) in the first 8 days along with a decline of DOC from about 8 to 4 mg L−1. While the DOC concentration then stayed constant for the rest of the experiment (50 days in total), cell counts, after peaking at day 8, dropped again 3-fold until day 13 before leveling off (Wu et al., 2018).

Evident from the sediment bacterial abundance data, pronounced bacterial growth in the DOM-1x fed sediments took place only following phase 1 between t46 and t77. In the DOM-5x fed sediments, bacterial growth started already earlier, i.e., in experimental phase 1. Later (>t77), growth slowed down, indicating the achievement of a treatment-specific microbial carrying capacity. At constant sediment bacterial biomass, growth is reflected in the net cell numbers (suspended cells in the outlet minus suspended cells in the inlet) that are continuously washed out. Data obtained point at rather similar cell production rates in both treatments, DOM-1x and DOM-5x, toward the end of the experiment. In conclusion, the differently supplied sediment communities overall produced a similar biomass with microbes in DOM-5x sediments assimilating 10-times less carbon compared with those in DOM-1x sediments.

Growth and translocation of bacterial populations in both treatments revealed interesting spatio-temporal dynamics. While a pronounced share in cell numbers was in the early phases mainly concentrated to the inlet area of the microcosms, zones exhibiting increasing cell numbers later shifted toward the outlet, as observed for the DOM-5x sediments. It is very likely that the increase of prokaryotic cells more distant to the inlet was mainly caused by cells that were produced in the inlet area but after release to the pore water settled down further downstream (Grösbacher et al., 2018).

There are a number of groundwater studies that report a positive correlation between the number of suspended bacterial cells and DOC, but sediment studies are rare. Li et al. (2012, 2013) obtained a positive correlation between microbial density and DOC as well as bioavailable DOC (BDOC) concentration. In their experiments, Li et al. (2013) observed a significant decline in BDOC and biomass along the water flow path. The potential of soil DOM as organic carbon source that carries a significant fraction of BDOC and its stimulatory effects to bacterial production and DOC degradation were underlined in mesocosm studies by Judd et al. (2006). Here, soil water DOM enhanced lake and stream bacterial production by 320–670% relative to controls (Judd et al., 2006).



Composition of DOM and Changes With Sediment Passage

NMR and FT-ICR-MS analyses confirmed that soil leachate, not surprisingly, was very different in DOM composition and molecular structures when compared to groundwater. The soil leachate contained a prominent fraction of ready bioavailable organic compounds which, following an acclimatization period of several weeks, was quantitatively transformed and mineralized by the aquifer sediment microbial communities. DOM from soil leachate, after passage of 1 m of active aquifer sediment, resembled the DOM in natural oligotrophic groundwater in terms of composition and key substructures. In general, with time and distance to the source, a continual shift from larger to smaller molecules and a defunctionalization of the soil leachate DOM took place. Oxygen-containing functional groups in aromatic (δH ~6.5–7 ppm) and aliphatic (δH ~3.7–4.5 ppm) molecules, including carbohydrates and peptides were preferentially degraded (Figure 3C). Oxygenated lignin-like and tannine-like compounds (δH > 6.5 ppm) were attenuated and degraded faster in time than lipid-like and less oxygenated compounds which exhibited a selective depletion only in the late phase of the experiment (t171; Supplementary Figures S4, S5). A set of highly oxygenated aliphatics, most probably substituted carbohydrates, resembled microbial metabolites and underlined bio-processing of DOM. Worth mentioning, in the early phase of soil leachate DOM passing through the aquifer sediment, biodegradation activity was still minor and superimposed by adsorption to the sediment matrix, indicated by a depletion of all types of oxygenated aromatic compounds at t7. Later, at t171, a distinct processing of unsaturated molecules was observed: 1H NMR spectra indicated the selective enrichment of aromatic compounds, suggesting a selective preservation in comparison with the aliphatic compounds. Attenuated in the early phase of the experiment by their higher propensity for adsorption, they started to re-appear with a fading out of sorption processes. The groundwater DOM at a typically low concentration, on the other hand, as inferred from DOM concentration and composition data, was not subject to pronounced sorption nor biodegradation in the early phase of the experiment. It generally contained higher proportions of aliphatic molecules than the soil leachate. Moreover, a higher abundance of carboxyl-rich alicyclic molecules (Supplementary Figure S1D) pointed at an overall higher extent of carboxylation, and depletion of other highly oxygenated molecules (Hertkorn et al., 2006). A similar pattern has been observed in an earlier study on DOM transformation in a karst groundwater ecosystem (Einsiedl et al., 2007).

Recent publications have described complex relationships between community composition and temporal evolution of DOM during microbial processing (Shabarova et al., 2014; Logue et al., 2016; Wu et al., 2018). These are reflected in our findings as well and show a complex multistage evolution of DOM under concomitant variation of microbial abundance and diversity (see below).



Microbial Activity, Bacterial Production, and Carbon Use Efficiency

The activity and productivity of microbes in energy poor, oligotrophic groundwater environments is considered extremely low (Thorn and Ventullo, 1988; Albrechtsen and Winding, 1992; Kazumi and Capone, 1994; Phelps et al., 1994; Wilhartitz et al., 2009). Evidence from several studies indicates that respiration (catabolism) and biomass production (anabolism) often are uncoupled in oligotrophic ecosystems (Teixeira de Mattos and Neijssel, 1997; Carlson et al., 2007; del Giorgio and Newell, 2012). Main reason may be a particular limitation (e.g., organic carbon and nutrients) that prevents cells from biomass production and multiplying. In batch experiments with groundwater microbial communities, Hofmann and Griebler (2018) observed a comparable high ATP level in cells that were respiring DOC but were actually non-growing because of P limitation. Similarly, our current experiment showed that attached prokaryotic cells first increased their cell-specific activity, as interpreted from an early rise in ATP concentration (Figure 5B), before pronounced growth took place with a considerable delay. Further evidence for a pre-phase of activation ahead of reproduction is the fact that DOC reduction started in advance to an increase in cell numbers. Even later, when growth started, only a small fraction of the carbon consumed was converted into new biomass, expressed as BGE or CUE (del Giorgio and Newell, 2012). While values of BGE in different aquatic environments typically range from 5 to 50% (del Giorgio and Cole, 1998; Manzoni et al., 2012), eventually lower BGE values have been reported for extremely energy poor environments and/or microbial communities limited in nutrients (Reinthaler et al., 2006; del Giorgio and Newell, 2012), including oligotrophic groundwater (Hofmann and Griebler, 2018). Our current study underlines that the availability of labile DOM indeed leads to a pronounced DOC mineralization; but with a delay of days to weeks, and not necessarily coupled to significant growth. Indeed, the sediments receiving increased concentrations of soil leachate (DOM-5x) established a much higher microbial biomass stock. However, when accounting also for the prokaryotic cells continuously transported out of the microcosms hardly any difference in the overall biomass production was revealed. Important in this context, differences in the rather constant numbers of sediment attached bacteria do not inform comprehensively about actual carbon conversion and bacterial growth rates. Similar results were obtained by Grösbacher et al. (2018) in sediment column studies. In fact, while 10 times the organic carbon was mineralized in sediments supplied with soil leachate (DOM-5x) compared to sediments supplied with groundwater DOM (DOM-1x), only one tenth the amount of carbon was assimilated on a cell level.



Metabolic Flexibility of Aquifer Microbial Communities in Carbon Use

Long-term exposure to mainly refractory organic matter can be seen as ecological force that selects for microbes more talented in degradation of complex organic molecules. It is thus expected that microbial communities in pristine groundwater and aquifers poor in ready degradable organic matter are better adapted for the degradation of refractory organic material.

To directly compare the physiological status in terms of community-level sole-carbon-source utilization (Garland and Mills, 1991), water samples at the outflow of DOM-1x and DOM-5x supplied sediments were collected and incubated for 27 days with a multitude of organic substrates. Although the carbon substrate plate method is discussed controversial (Konopka et al., 1998; Ritz, 2007), it can provide conclusive indication for an adaptive change within microbial communities supplied by different organic matter qualities. Our results revealed that the DOM-1x fed communities lagged behind the DOM-5x fed communities in degradation of most organic carbon compound classes tested, with exception of the polymers. The number of complex compounds (e.g., glycogen, inulin, Tween 40 and 80, and cyclodextrin) metabolized by the DOM-1x microbial community was always higher than with the DOM-5x community. Even after 27 days, the latter was not able to mineralize some of the polymeric compounds (α‐ and γ-cyclodextrin). Similar to other studies (e.g., Purkamo et al., 2018), carbohydrates and carboxylic acids were the first compounds mineralized by the groundwater communities, independent of DOC concentration and environmental conditions.



Link Between DOM Diversity and Microbial Community Composition

There is conclusive evidence from studies in different aquatic environments that changes in organic matter supply in terms of quantity and quality steer shifts in microbial community composition (Shi et al., 1999; Baker et al., 2000; Findlay et al., 2003; Carlson et al., 2004; Judd et al., 2006; Kritzberg et al., 2006; Li et al., 2012). This applies in particular, if the altered DOM supply lasts for longer than just a couple of hours or days (Herzyk et al., 2014, 2017). Since in sedimentary aquifers more than 90% of the microbial biomass is associated with sediment surfaces (Alfreider et al., 1997; Griebler et al., 2002), the investigations focused on the composition of the bacterial communities attached to sediments. Our experiment with the amendment of soil leachate to groundwater DOM at two very different ratios (DOM-1 × 1:2.5 to 1:4; DOM-5 × 4.4:1 to 7.2:1) revealed some similar changes in composition of bacterial communities in DOM-1x and DOM-5x fed sediments. In fact, compared to the situation before DOM supply, the overall fraction of Proteobacteria decreased from more than 90% to below 70%. In both treatments, the earlier dominance by Betaproteobacteria was taken over by Alphaproteobacteria. Moreover, Actinobacteria and Bacteriodetes gained importance (Figure 8). The relative decline in Proteobacteria was accompanied by the emergence (>1% relative abundance) of Planctomycetes, Acidobacteria, and Nitrospirae. In comparison to the DOM-5x sediments, the Actinobacteria were considerably higher in the DOM-1x sediments. Also, Firmicutes only appeared in the DOM-1x sediments (Figure 8). Overall, after 171 days of experiment, the bacterial communities fed by a low (DOM-1x) and a moderate (DOM-5x) soil DOM supply showed a similarity of 88% (Jaccard’s). In consequence, the addition of high complexity DOM from soil leachate, at low or moderate concentration, did not stimulate the fast growth of individual generalist species, but more evenly led to an increase, with only a few exceptions, of the detectable richness and diversity in the sediment communities. Due to the comparable low sequence depth revealed, a higher taxonomic resolution was not exercised.

The dominating groups of bacteria found in our aquifer sediments were in accordance of what is known from other groundwater ecosystem studies. A dominance of Proteobacteria was regularly reported (Shi et al., 1999; Detmers et al., 2004; Hendrickx et al., 2005; Boyd et al., 2007; Griebler and Lueders, 2009; Flynn et al., 2012; Gregory et al., 2014; Sirisena et al., 2018). Besides Proteobacteria, Actinobacteria, Firmicutes, Bacteriodetes, and Nitrospirae have frequently been detected at relevant abundances (Hendrickx et al., 2005; Griebler and Lueders, 2009; Zhou et al., 2012; Navarro-Noya et al., 2013; Gregory et al., 2014; Nowak et al., 2017; Bellini et al., 2018; Savio et al., 2018; Smith et al., 2018).

A dominance of Proteobacteria with contributions from Betaproteobacteria, Alphaproteobacteria, and Gammaproteobacteria was also found in other comparable sediment studies (Li et al., 2013; Griebler et al., 2016). In a column study, Li et al. (2013) observed significant differences in microbial community composition between top sediments continuously supplied by water carrying low or moderate BDOC. With distance to the inlet, the differences vanished. Another study by the same authors revealed an increase in relative abundance of Betaproteobacteria with higher BDOC concentrations (Li et al., 2012). A lower BDOC was accompanied by a higher relative abundance of Firmicutes, Planctomycetes, and Actinobacteria, a pattern that mirrored our own findings.

We are only beginning to understand whether and how energy-diversity relationships known from macroecology apply to complex natural bacterial communities. In fact, there is a growing body of evidence that diversity-productivity relationships also rule microbial communities (Smith, 2007).

Experimental studies that supplied sediment microbial communities report a decrease of microbial diversity in terms of richness and Shannon-Wiener diversity with higher DOM feed (Li et al., 2012, 2013). A positive relationship between bacterial richness and bioavailable organic matter was observed in Arctic deep-sea sediments, hinting at a positive energy-diversity relationship in oligotrophic regions (Bienhold et al., 2012).

Our sequencing data revealed that after 171 days of feeding sediment communities with either low or moderate DOM, bacterial richness and diversity increased in areas close to the microcosms inlet, however, with the DOM-5x sediments establishing more diverse microbial communities (Supplementary Figure S9). With distance to the fresh bioavailable organic carbon source, bacterial richness and Shannon-Wiener diversity declined. The DOM-1x fed sediments, at about 1-m distance from the microcosm inlet, did not anymore show a difference in terms of richness and diversity to the natural aquifer sediment communities at the beginning of the experiment.




CONCLUSION

Groundwater microbial communities do not react very fast to the sudden availability of biodegradable organic carbon from soil in terms of degradation activity and production. This may reflect their long-term exposure and adaptation to typically energy-poor conditions. We expect active growth for only a small fraction of the community and probably even within populations (see recent publication by Kundu et al., 2020), while the other part is in a kind of survival mode and dormancy. It then takes days to weeks for incoming DOM being degraded and even longer before organic matter turnover results in a pronounced microbial growth. However, once conditioned, only a few dozen centimeters of microbial active aquifer sand are sufficient to deplete the labile fraction of DOM passing through. Taking the irregular inputs of BDOM into consideration, shallow aquifers are assumed to have a low resilience. Lacking a highly active and responsive microbial community, oligotrophic aquifers are at high risk of contamination with organic chemicals. Surprising also, even when allowed to adapt to the long-term supply of energy in form of labile organic matter, secondary production does not scale up linearly. The more labile carbon available and oxidized, the less carbon is seemingly assimilated. Currently, we may only speculate that in such cases, cells may run into the limitation by a specific nutrient or biomass is kept low due to an increasing importance of bacteriophages and/or heterotrophic protozoa, issues that await a detailed investigation. Comparably important, physiological adaptation of microbes in oligotrophic groundwater ecosystems at a cellular and biochemical resolution will be target of future studies.
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In aquatic ecosystems, dissolved organic matter (DOM) composition is driven by land use, microbial activity, and seasonal variation in hydrology and water temperature, and, in turn, its microbial bioavailability is expected to vary due to differences in its composition. It is commonly assumed that DOM of terrestrial origin is resistant to microbial activity because it is composed of more complex aromatic compounds. However, the effect of DOM sources on the microbial reworking and degradation of the DOM pool remains debated. We performed laboratory incubation experiments to examine how temporal changes in DOM composition influence its microbial biodegradability in two contrasting streams (agricultural and forested) in southern Ontario, Canada. Despite a more allochthonous-like DOM signature in the forest stream and a more autochthonous-like DOM signature in the agriculture stream, we found that biodegradation and production of DOC were the same in both streams and synchronous throughout the sampling period. However, the initial DOM composition impacted how the DOM pool changed upon degradation. During the incubations, both autochthonous-like and allochthonous-like fractions of the DOM pool increased. We also found that a greater change in DOM composition during the incubations induced higher degradation of carbon. Finally, temporal variation in DOC biodegradation and production over time or across streams was not related to DOM composition, although there was a significant relationship between BDOC and nutrient concentrations in the agriculture stream. This observation potentially challenges the notion that DOM origin predicts its bioavailability and suggests that broad environmental factors shape DOC consumption and production in aquatic ecosystems. More research is needed to better understand the drivers of microbial biodegradability in streams, as this ultimately determines the fate of DOM in aquatic ecosystems.
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INTRODUCTION

In most aquatic systems, dissolved organic matter (DOM) is the largest and most bioavailable form of carbon (Battin et al., 2008) and plays an important role in a variety of environmental and ecological processes. In freshwater ecosystems, DOM composition is mainly related to its origin and can broadly be separated into whether it is derived from terrestrial (allochthonous) or in-stream (autochthonous) primary production. The microbial bioavailability of DOM from these sources differs from one another and varies seasonally. Bioavailable dissolved organic carbon (BDOC) refers to the proportion of DOC removed by bacteria during a fixed period of time. BDOC is most commonly determined via bioassay incubation experiments (in the dark) where changes in DOC concentration are measured over time. The bioavailability of DOC is primarily determined by its chemical composition (Sun et al., 1997; Benner and Opsahl, 2001; Fellman et al., 2009; Williams et al., 2010); specifically, the molecular size of DOM has implications for the bacterial utilization of the DOM (Amon and Benner, 1996; Berggren et al., 2010). Autochthonous-like DOM is dominated by lower molecular weight compounds and is typically considered to be highly degradable (Barrón et al., 2012). By contrast, DOM derived from terrestrial sources is mostly characterized by a complex structure commonly assumed to be less degradable (Kaplan and Bott, 1989; Tranvik, 1992; Jaffé et al., 2008). However, recent studies have found opposing evidence that terrestrial carbon is utilized by aquatic microbial communities (McCallister and del Giorgio, 2012; Fasching et al., 2014; Marín-Spiotta et al., 2014; Stadler et al., 2020). In addition, some studies detect production of DOM during similar incubation experiments (Kaiser and Benner, 2008; Guillemette and del Giorgio, 2012).

Agricultural and urban land use are important watershed drivers controlling the amount, composition, and fate of DOM in aquatic ecosystems (Wilson and Xenopoulos, 2008, 2009; Williams et al., 2010, 2013, 2016; Shang et al., 2018). The composition of DOM in aquatic systems varies based on the different land uses in the surrounding catchments: DOM originating from forested areas is typically dominated by high molecular weight aromatic, humic-like compounds leached from soil and terrestrial litter (Giling et al., 2013; Hulatt et al., 2014). Agricultural catchments on the other hand are sources of lower molecular weight compounds that resemble more protein-like material. These differences in molecular weight and composition may affect in-stream DOM processing. Increases in the abundance of bioavailable autochthonous-like DOM may stimulate microbial activity, as lower molecular weight compounds are generally more labile to microbial consumers and thus highly degradable (Williams et al., 2010; Giling et al., 2013). Variation in DOM composition between watersheds is important because it may determine the bioavailability of the DOM pool that is found within or exported from rivers (Coble et al., 2016).

Streams are not simply a conduit from soils to oceans; within-system processes can also alter the composition of DOM and potentially its bioavailability (Cole et al., 2007; Wiegner et al., 2009; Coble et al., 2016). Processing and transport along the hydrological path alters the composition of DOM through microbial processing, photodegradation, and autochthonous production, and these changes affect the degradation of DOM further downstream (Kaplan and Bott, 1982; Larson et al., 2007; Coble et al., 2016; Fasching et al., 2019). Transformations both within and outside freshwater systems can differ largely and thus may have different consequences for DOM composition and bioavailability (Stutter and Cains, 2016). Therefore, the origin of DOM may be largely responsible for its bioavailability (Wiegner and Seitzinger, 2001; Seitzinger et al., 2002; Guillemette and del Giorgio, 2011) and consequently affect its rate of in-stream processing (Fasching et al., 2014; Berggren and del Giorgio, 2015). In addition, the influences of catchment land use are usually confounded with those associated with other environmental and hydrologic drivers (e.g., water temperature and precipitation) (Wilson et al., 2016).

The interaction of various DOM sources and in-stream microbial processing with temporal patterns—in relation to DOM biodegradability—remains widely debated. In particular, whether BDOC exhibits synchronous behavior across catchments through time or is driven primarily by DOM sources has not yet been examined. Hence, it remains unclear whether catchment land use (i.e., DOM composition) plays a primary role in regulating variability in DOM degradability in aquatic ecosystems and whether the effects of land use are consistent across a range of temporal scales. This study focused on how microbial biodegradability in two contrasting streams with different DOM composition and nutrient concentrations changed over time. To address this, we quantified changes in DOM quantity, composition, and biodegradability in two catchments dominated by different land uses (agricultural and forested) where rainfall and flow are strongly seasonal. We tested the hypothesis that DOM biodegradability is mediated by its composition. Thus, we expected the DOM composition and the associated microbial reworking to differ between the two streams and throughout the year, where the agriculture stream incubations in summer would shift the DOM pool to a more labile composition and enhance its microbial biodegradability.



MATERIALS AND METHODS


Study Area

To assess the impact of landscape character and hydrology on the relative amount of bioavailable dissolved organic carbon (BDOC;% of initial DOC) and the composition of this flux, two contrasting catchments in southern Ontario, Canada, were selected for this study: agricultural (Penville Creek; 44.58751, −79.6655) and forested (Coldwater Creek; 44.13008, −79.7274). The current land use distribution of the agriculture watershed is notably: 47.8% total cropland, 38.1% rural land use, 8.3% forested (wooded and plantation), 0.3% wetland, and 5.5% other/unclassified; while the current land use distribution for the forest watershed is notably: 58.2% forested (wooded and plantation), 23.1% wetland, 2.2% rural land use, 1.5% total cropland, and 15% other/unclassified (Williams et al., 2016). The watershed area differs between the two streams, with the agriculture stream (59.087 km2) draining more than twice as much area as the forest stream (22.798 km2; Ontario Ministry of Natural Resources and Forestry, 2019). At both sites, monthly air temperature in the warmest months (July and August) is >20°C, and the coldest months (December and January) is between −9 and −7°C (Environment and Climate Change Canada, 2018). Average precipitation in 2018 in the agriculture and forest watersheds was 90.21 and 88.84 cm, respectively (Environment and Climate Change Canada, 2018).



Field Analyses and Sample Collection

We collected water samples 24 times for each stream between April and November 2018. Samples were collected just below the surface from the same spot in each stream, generally once a week or every 2 weeks, in clean, sample rinsed plastic bottles (soaked in 0.1 M HCl, rinsed with DI water) and stored (4°C in the dark) pending sample preparation and analyses for nutrient concentrations and laboratory incubation experiments. Whole water samples for total phosphorus (TP) were stored in 50 mL falcon tubes at 4°C and in the dark until analysis. We also recorded the discharge (m3 s–1) using a SonTek FlowTracker handheld Acoustic Doppler Velocimeter and stream water temperature (°C) using a YSI ProODO probe.



Analytical Methods

Whole water destined for total dissolved nitrogen (TDN) analysis were double filtered through pre-ashed 0.7 μm Whatman GF/F glass microfiber filters and 0.2 μm Isopore polycarbonate membrane filters and stored in acid washed bottles at 4 or −20°C (most samples) and in the dark until analysis. Concentrations of TDN (mg N L–1) were measured using the second derivative spectroscopy method following persulfate digestion (Crumpton et al., 1992). Concentrations of phosphorus in the form of TP (whole water; μg P L–1) were determined following persulfate digestion using the molybdate blue colorimetric assay (Murphy and Riley, 1962).

Total suspended solids (TSS) was determined gravimetrically (Rice et al., 2017) by filtering water through pre-ashed, pre-weighed 0.7 μm Whatman GF/F glass microfiber filters and drying at 60°C for 24 h. Total dry mass was determined by reweighing dried filters on a microbalance. Whole water destined for chlorophyll a (Chl a), particulate phosphorus (PP), particulate organic carbon (POC), and particulate organic nitrogen (PON) was filtered through a 60 μm mesh pre-screen. Chl a (μg L–1) was analyzed using cold ethanol extraction and fluorometric assay (ISO 10260:1992, 1992) on samples filtered through pre-ashed 0.7 μm Whatman GF/F glass microfiber filters. Chl a filters were frozen until analysis. PP (μg P L–1), POC (μg C L–1), and PON (μg N L–1) were filtered through pre-ashed 0.7 μm Whatman GF/F glass microfiber filters, dried for 24 h at 60°C, and stored at room temperature until analysis. Total PP content was measured on a separate set of filters after persulfate digestion with the molybdate blue colorimetric assay (Murphy and Riley, 1962). Total POC and PON content were measured with a CN analyzer (Vario EL III Elementar Analyzer).



DOM Composition Measurements and Analysis

A Shimadzu TOC-VWP Total Organic Carbon Analyzer was used to measure DOC concentration (mg C L–1) as NPOC and DIC concentration (mg C L–1) as IC following sample acidification with persulfate and UV illumination. We analyzed characteristics of DOM by absorbance and fluorescence analyses. Absorbance was measured from 800 to 230 nm using a Varian Cary 50 Bio UV-Visible spectrophotometer. We calculated the specific absorbance at 254 nm (SUVA254; L mg–1 C m–1), which is an indicator of aromatic carbon content; larger values of SUVA254 indicate more aromatic DOM (Weishaar et al., 2003). Excitation emission matrices (EEMs) were generated using a Varian Cary Eclipse fluorescence spectrophotometer. Fluorescence intensities were measured at excitation wavelengths ranging from 500 to 230 nm at 5 nm increments and emission wavelengths from 600 to 270 nm at 2 nm increments. EEMs were corrected for blanks and the inner filter effect using corresponding absorbance measurements (Mobed et al., 1996; McKnight et al., 2001). The Raman peak of Milli-Q at 350 nm excitation was used as a reference value to express fluorescence intensities in Raman units (RU) (Williams et al., 2010). Based on the fluorescence measurements, four indices were calculated: (i) a spectral slope ratio used as a proxy for molecular size (SR; Helms et al., 2008); (ii) the β:α ratio used as an indicator of the extent of DOM degradation (Parlanti et al., 2000; Wilson and Xenopoulos, 2009); (iii) the fluorescence index used an indicator of source (FI; McKnight et al., 2001); and (iv) a humification index which reflects the extent of humification (HIX; Ohno, 2002).

Fluorescence measurements were then subjected to parallel factor (PARAFAC) analysis to reduce matrix data into discrete components. PARAFAC was conducted following the recommendation of Stedmon and Bro (2008) using the DOMFluor toolbox in MATLAB R2007b. EEMs were fit to an existing model where the results were obtained within the same catchment area (Williams et al., 2016). Prior to analysis, EEM wavelength ranges were first trimmed to 250–500 nm excitation and 300–600 nm emission. The results of the PARAFAC model revealed seven fluorescent components, three of which were identified as terrestrially sourced (C2–C4), two which were microbially derived (C5–C6), one which was protein-derived (C7), and one which appeared to have both terrestrial and autotrophic components (C1). Neither the mean fluorescence maxima (Fmax), nor the mean relative abundance of each component appeared to vary between initial and final measurements for either stream. In the agriculture stream, C1 was both the most abundant (24%) and had the highest Fmax of about 0.89 Raman units (RU) of all the components identified by the model. C2 was the next most abundant, at 21.7% and Fmax of 0.79 RU, followed by C6 at 19.2% and 0.70 RU and C3 at 16.3% and 0.60 RU. C5, C7, and C4 were the least abundant (about 5–7.5% each) and had the lowest Fmax values, all around 0.20–0.30. In the forest stream, C1 was both the most abundant (around 28%) and had the highest Fmax of about 0.86 Raman units (RU) of all the components identified by the model. C2 was the next most abundant, at 23.2% and Fmax of 0.71 RU, followed by C3 at 18% and 0.54 RU and C6 at 13.2% and 0.40 RU. C5, C4, and C7 were the least abundant (about 5–6.5% each) and had the lowest Fmax values, all around 0.15–0.20.



Incubation Methods to Quantify BDOC

We conducted short term laboratory incubation experiments in order to determine DOC biodegradability. Using preliminary incubations, from stream water collected on February 18 and March 3, 2018, we determined the optimal incubation time to be of 5 days, where the majority of the DOC pool was degraded, as we aimed primarily at determining the most reactive fraction of DOC similar to Guillemette and del Giorgio (2011). We used triplicate assays for each stream on each sampling date. The incubations were run 24 times for each stream. Within 6–8 h of collection, whole water was filtered in the lab through pre-ashed 0.7 μm Whatman GF/F glass microfiber filters followed by 0.2 μm Isopore polycarbonate membrane filters, effectively removing all bacteria and microbes from the water. In addition, we prepared stream water inoculum as the source of microbes for our incubations by filtering whole water through a 60 μm mesh pre-screen. After filtration, the incubations were prepared with 90% filtered water and 10% inoculum and divided into 40 mL amber vials (acid washed and ashed). For each sample, three replicates were killed and immediately filtered through 0.2 μm Isopore polycarbonate membrane filters to serve as initial samples. An additional three replicates were loosely covered to allow excess CO2 produced by the degradation of DOM to escape and incubated in the dark at laboratory temperature to serve as final samples. After 5 days, the final three replicates were also filtered through 0.2 μm Isopore polycarbonate membrane filters. Samples were stored (4°C in the dark) in airtight 40 mL amber vials (acid washed and ashed) until analysis.

DOC was measured as described above. The coefficient of variation and 95% confidence interval of the DOC triplicates was very low (CV: 0–0.28 across all samples), as such the initial and final DOC triplicates were averaged before calculating BDOC (Supplementary Table A1). BDOC (% of initial DOC), or Δ DOC, was calculated as the change in DOC (lost: < 100; or gained: > 100) over the 5-day incubations (Eq. 1). Equation (1) calculates the change in DOC concentration during the incubations and assumes DOC can decrease or increase (Δ DOC).

[image: image]

DOM fluorescence and absorbance analyses and PARAFAC modeling were also performed as described above. While we did not measure bacterial abundance or bacterial production as part of the incubations, bacterial abundance varies between 0.02 to 1.04 × 109 cells L–1 (mean 0.33 × 109 cells L–1) and bacterial production varies between 0.76 to 429 μg C L–1 d–1 (mean 88.21 μg C L–1 d–1) in these streams (Williams et al., 2010, 2012). The change in DOM is expressed as the difference between the end (i.e., final) and start (i.e., initial) value of each DOM index over the 5-day incubations and is hereafter referred to as the delta (Δ) value.



Statistical Analyses

The Welch’s t-test was used to test the significant (p < 0.05) difference between Δ DOC in both streams, and the Pearson correlation coefficient was used to measure synchrony. Significant differences between the initial and final DOM indices between and within the streams were determined using the Wilcoxon signed-rank test. Finally, the one-sample Wilcoxon signed-rank test was used to determine whether the Δ DOM indices differed from zero in each stream (i.e., whether the DOM composition significantly changed during the incubations). All significance tests were performed in base R (R Core Team, 2018).

To further analyze the change in DOM composition in both streams, principal component analysis (PCA) was used to condense multivariate information from the initial and final DOM indices using the R package “vegan” (Oksanen et al., 2018). The PCA was calculated to visualize the variation in DOM composition in the two streams and to produce “meta-variables,” i.e., principal components, that carry the information of several measurement variables and are suitable for further use in analyses. As a result, we represented DOM composition using the principal component scores of the PC axis that best explained the variability in DOM (PC1 scores). Shifts in DOM composition were then measured using the eigenvectors of the PCA describing the initial DOM composition (based on the DOM composition of the two streams across the 24 sampling days at the start of the incubations) to predict PCA scores at the end of the incubations. The Euclidean distance was measured as the length between the initial and final points (i.e., change in DOM composition during the incubations).

Several analyses were performed to investigate the drivers of Δ DOC and the change in DOM composition during the incubations. The Spearman’s rank-order correlation coefficient was used to measure the strength and direction of association between Δ DOC and discharge, ambient water temperature, nutrient concentrations, and initial DOM composition. Statistical differences between Δ DOC and season by stream were evaluated using a two-way analysis of variance (ANOVA) with an interaction term between season and stream.

Next, general linear regressions were used to analyze the effect of discharge and ambient water temperature on the change in DOM composition during the incubations. To further analyze the effect of discharge, nutrient concentrations, and initial DOM composition on the change in DOM in both streams, we computed a canonical correlation analysis (CCA). We then measured the significance of each canonical correlation using permutations with the R package “CCP” (Menzel, 2012). Finally, we used generalized linear models to analyze the effect of discharge, ambient water temperature, and nutrient concentrations on Euclidean distance. All analyses were performed using the statistical software R (R version 3.5.1).



RESULTS


Stream Conditions

Temporal patterns in discharge (r = 0.70; p < 0.001; Supplementary Figure A1A) and ambient water temperature (r = 0.83; p < 0.001; Supplementary Figure A1B) were significantly correlated and synchronous in the two streams. While ambient water temperature was significantly higher in the agriculture stream (18.42 ± 6.89°C) than in the forest stream (14.18 ± 3.82°C; Wilcoxon signed-rank test, n = 24, p < 0.001), there was no significant difference in discharge between the streams (agriculture: 0.28 ± 0.37 m3 s–1; forest: 0.27 ± 0.16 m3 s–1). Despite this, discharge varied broadly in the agriculture stream (0.0173 to 1.4959 m3 s–1, CV = 129.84) and less in the forest stream (0.0954 to 0.479 m3 s–1, CV = 43.00).



DOC Concentration and DOM Composition

We found that the initial and final DOC concentrations in the agriculture and forest stream incubations had similar averages and ranges (Figure 1A and Table 1). Based on our data, we did not find a significant difference in DOC concentrations between the streams (Wilcoxon signed-rank test, N = 24; initial: p = 0.06043; final: p = 0.7257; Figure 1A). However, there was a significant correlation between the initial DOC in the two streams (p = 0.02868). Alternatively, there were significant differences in the initial and final DOM composition between the streams, except SR and initial C3 (Tables 1, 2). The DOM composition in the forest stream had more aromatic, humic-like properties, revealed by high SUVA254, HIX, and humic-like fluorescence values (Figure 2A). On the other hand, the agriculture stream had a less pronounced terrestrial signal, indicated by high β:α, FI, and comparatively higher microbial- and protein-like fluorescence (Figure 2A). This pattern was reflected by the DOM composition after the incubations as well.
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FIGURE 1. Temporal changes in DOC concentration during 5-day incubations in both streams (gray = agriculture, black = forest) (A). Initial (▲) and final (∘) DOC measurements, plus standard deviation bars, are shown. Bioavailable dissolved organic carbon (BDOC) after 5-day incubations of samples collected from April to November 2018 in both streams (gray = agriculture, black = forest) (B). Given as the mean proportion of change (n = 3 replicates), where the dashed line indicates BDOC = 100% (i.e., no change during degradation); BDOC < 100 indicates a decrease and BDOC > 100 indicates an increase in DOC concentration during the incubations.



TABLE 1. Mean ± standard deviation, minimum, and maximum values for the initial and final DOC concentrations and DOM indices measured in the laboratory incubation experiments in both streams (n = 24).
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TABLE 2. Wilcoxon signed-rank tests between the agriculture and forest stream incubations tested separately for their initial and final DOC concentrations and DOM indices (n = 24).
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FIGURE 2. Principal component analysis (PCA) based on the initial incubation absorbance and fluorescence data from the two streams distinguishes terrestrial from microbial-like DOM (A). Arrows are based on PCA structural coefficients. End coordinates are predicted scores computed with the PCA eigenvectors and the DOM composition at the end of the incubations (B). Lengths of arrows denote the intensity of the shift in DOM composition.




DOC Degradation and Production

The portion of bioavailable DOC (BDOC) did not significantly differ between streams (agriculture: 91.77% ± 19.38%; forest: 96.42% ± 23.03%). BDOC and Δ DOC values ranged from 55.59 to 122.53% and from 57.11 to 157.43% in the agriculture and forest streams, respectively, and were synchronous throughout the sampling period (r = 0.61, p < 0.01; Figure 1B). Nine agriculture and 11 forest stream incubations resulted in Δ DOC values over 100% (i.e., DOC concentrations increased during the incubations) (Figure 1B). In addition, BDOC and Δ DOC values were similarly dispersed in the agriculture (CV = 21.12) and forest streams (CV = 23.88). Despite their differing initial DOM compositions, the streams experienced simultaneous fluctuations in their biodegradability and production, and the degradation of carbon during the incubations was the same in both streams.



Changes in DOM Composition During Incubations

During the incubations we saw increases in DOM indices that resulted in both an enhanced allochthonous- and autochthonous-like DOM signature, particularly in the agriculture stream, as indicated by increases in HIX and components C1 and C2, and increases in β:α and component C6, respectively (Figure 3 and Supplementary Figure A2). We also saw a decrease in DOM molecular size in ∼70% of incubations, as determined by lower SR values, in both streams (Figure 3A). The decrease in molecular weight was especially pronounced in the agriculture stream (75% of time sampled) compared to the forest stream (∼60%). DOM composition related to fresher, more autochthonous-like material also shifted during the incubations as indicated by upwards trends in β:α in both streams, as well as FI in the forest stream (Figures 3B,C). In particular, incubations resulted in fresher material as measured using β:α in 70 and 55% of incubations in the agriculture and forest streams, respectively. Greater humification, as measured using HIX, was also found after incubation, especially in the agriculture stream on October 9, 2018 (Figure 3D). When temporal values are averaged, β:α (p < 0.05), HIX (p < 0.05), C1 (p < 0.001), C2 (p < 0.001), and C6 (p < 0.05) increased, while SR (p < 0.001) and C7 (p < 0.001) decreased, in the agriculture stream (Table 1). Similarly, there was an increase in C1 (p < 0.001) and decrease in C7 (p < 0.05) in the forest stream incubations.
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FIGURE 3. Temporal changes in four selected DOM indices during 5-day incubations: (A) slope ratio (SR), (B) freshness index (β:α), (C) fluorescence index (FI), and (D) humification index (HIX) in both streams (gray = agriculture, black = forest). Initial (▲) and final (∘) DOM measurements are shown. Additional DOM indices are available in the Supplementary Information.


We further depicted shifts in DOM composition occurring during the incubations by using the eigenvectors of the PCA describing the initial DOM composition to predict PCA scores at the end of the incubations (Figure 2B). This revealed that there was no identifiable pattern to how the DOM composition changed during the incubations for either stream. On average, the PC1 scores (from Figure 2A) decreased in both streams during the incubations. This either means that the initial terrestrial imprint on DOM increased upon microbial degradation or the relative proportion of allochthonous-like fluorescence increased as autochthonous-like fluorescence was utilized, which resulted in an enhanced allochthonous-like DOM signature. However, this trend was not consistent across samples, with increases in both humic- and microbial-like DOM indices during the incubations in both streams. We also investigated the Euclidean distance between the initial and final points (i.e., change in DOM composition during the incubations) and found that there was a significant difference between the agriculture and forest streams (p < 0.05). Overall, the forest stream exhibited a significantly greater change in DOM composition during the incubations than the agriculture stream. Finally, relating the length of these shifts in DOM composition to Δ DOC, we found that greater shifts in DOM composition during the incubations induced higher values and a greater change in DOC (r = 0.42; p < 0.01; Figure 4).
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FIGURE 4. BDOC increases with the absolute shift in DOM composition along PC1 (i.e., each stream’s final PC1 scores minus the respective initial score before degradation) (r = 0.42; p < 0.01). Initial DOM composition as derived from Figure 2A (PC1) is indicated by color. Brown color denotes stream samples with predominantly terrestrial DOM and blue color represents streams with relatively more autochthonous-like DOM.




Linking DOM Composition and Seasonality to DOC Degradation and Production

The two study streams drain catchments covered by mainly agriculture or forest, respectively, which results in differences in nutrient concentrations and DOM composition. However, these differences in catchment land use and stream water chemistry were not reflected in the change in DOC concentration or DOM composition in the streams. We found few significant correlations with Δ DOC. Chl a (r = 0.45; p < 0.05) and initial SUVA254 (r = 0.73; p < 0.001) both had a positive relationship with Δ DOC in the agriculture stream. Meanwhile, TDN (r = 0.55; p < 0.01), initial SUVA254 (r = 0.65; p < 0.001), and initial C1 (r = −0.50; p < 0.05) were all significantly correlated with Δ DOC in the forest stream. Overall, Δ DOC increased with elevated Chl a (agriculture), TDN (forest), and SUVA254 values (both), and decreased with higher proportions of component C1 (forest). However, the initial PC1 scores were not significantly correlated with Δ DOC (p = 0.3917), and we did not find a relationship between the initial DOM composition and the change in DOC during the incubations. Additionally, despite fluctuations in the degradation and production of DOC throughout the year, neither discharge nor ambient water temperature were correlated with Δ DOC in either stream.

A two-way ANOVA was conducted to compare Δ DOC values in the spring, summer, and autumn seasons in both streams. None of the variables had a significant effect on Δ DOC [interaction: F(2,41) = 0.024, p = 0.98; season: F(2,41) = 3.13, p = 0.054; stream: F(1,41) = 0.671, p = 0.42]. Next, the initial and final DOM indices were plotted for each stream and color-coded by discharge to determine whether seasonality may be an important factor regulating the degradation of DOM during the incubations. While it appeared as though discharge could be an important predictor for some DOM indices, there were no significant relationships between ambient water temperature and Δ DOM. Linear regressions of Δ DOM with discharge as a predictor were significant for some variables: Δ SR (r = 0.16; p < 0.05) in the agriculture stream, and Δ SUVA254 (r = 0.14; p < 0.05), Δ C2 (r = 0.19; p < 0.05), Δ C3 (r = 0.16; p < 0.05), and Δ C5 (r = 0.22; p < 0.05) in the forest stream. Overall, Δ SR (agriculture) and Δ C3 (forest) decreased with increasing discharge levels, while Δ SUVA254, Δ C2, and Δ C5 all increased in with higher discharge in the forest stream, indicating that higher discharge in the forest stream during sample collection resulted in an enhanced humic-like DOM composition at the end of the incubations.

We also used CCA to further evaluate the relationship between discharge, nutrient concentrations, and initial DOM composition (PC scores; where higher values indicate a more allochthonous-like DOM composition) with the change (Δ) in DOM composition during the incubations in both streams (Figure 5). Low nutrient concentrations coincide with increased changes in DOM composition during the incubations. Additionally, we found a positive correlation between initial DOM composition (PC) and many Δ DOM indices, including Δ FI, Δ C2, Δ C5, and Δ C6. Increased allochthonous DOM contributions led to a greater change in DOM composition during the incubations.


[image: image]

FIGURE 5. Canonical correlation analysis (CCA) based on discharge (Q), nutrient concentrations, initial DOM composition (PC scores; where higher values indicate a more allochthonous-like DOM composition), and Δ DOM indices in both streams (where gray = predictor variables; and black = response variables). Pillai’s trace from F-distribution was significant (p < 0.001).


Finally, we investigated the shifts in the DOM pool (using Euclidean distances from Figure 2B) to further explore the effects of discharge, ambient water temperature, and nutrient concentrations. There was a significant relationship between discharge and Euclidean distance in the agriculture stream (p < 0.001; r-squared = 0.39). We also found significant relationships between several nutrients and Euclidean distance in the agriculture stream: TSS (p < 0.01; r-squared = 0.30), POC (p < 0.001; r-squared = 0.41), PON (p < 0.05; r-squared = 0.15), PP (p < 0.001; r-squared = 0.40), DIC (p < 0.01; r-squared = 0.32), TDN (p < 0.05; r-squared = 0.14), and TP (p < 0.05; r-squared = 0.18). There was a greater change to the complete DOM pool in the agriculture stream incubations when samples were taken during higher discharge and when nutrient concentrations were higher (except DIC).



DISCUSSION

In freshwater ecosystems, the microbial degradation of DOM is expected to vary due to differences in its composition. In our study, we did not detect an enhanced biodegradability of DOC in the agriculture stream despite it being characterized by an autochthonous-like, presumably labile DOM signature. We did, however, see a greater shift in DOM composition during incubations when the initial DOM composition was more terrestrial allochthonous-like. This observation further challenges the traditional idea that DOM of terrestrial origin is less accessible and more recalcitrant to microbial activity (McCallister and del Giorgio, 2012; Fasching et al., 2014; Marín-Spiotta et al., 2014; Stadler et al., 2020). Our findings potentially contribute to the changing view that DOM composition, as measured in our study, does not necessarily predict its bioavailability.


DOC Degradation and Production

Δ DOC ranged from 55.6 to 157.4% in both streams. Previous studies looking at biodegradability in streams did not report any BDOC measurements exceeding 100%, while we found that about 40% of our incubations had values over 100%, an indication of organic matter production. When OM production was detected, the average increase in DOC was ∼0.7 mg L–1 for both streams. This small increase could simply be attributed to differential C moieties sampled by our TOC Analyzer using the wet oxidation technique (Yoon et al., 2018). It is also possible that the methods we used to carry out the incubations resulted in those Δ DOC values exceeding 100%: using native bacteria to inoculate the incubations, not supplementing the stream water with nutrients, or only letting the bioassays incubate for 5 days which may not have been long enough to quantify DOC degradation during specific times of the year when the DOM pool was more recalcitrant. However, the low coefficient of variation between replicates (<0.28, mean = 0.08) and high degree of temporal synchrony between the two study streams gives us confidence in the Δ DOC results. While we did not measure bacterial abundance or bacterial production in this study, we hypothesize that the increasing DOC concentrations during the incubations could possibly be a return of organic carbon to the DOC pool either because of viral lysis (viral shunt) of bacterial cells (Middelboe and Lyck, 2002; Weinbauer, 2004; Boras et al., 2009) or because of new microbial production and biomass (Kaiser and Benner, 2008). The conditions in the bioassays may have supported a rapid increase in microbial activity and the subsequent release of dissolved organic material into the DOM pool from cell lysis (viral or otherwise; Teira et al., 2003; Kawasaki et al., 2013). The amount of bacterial inoculum likely also varied through time (Koetsier et al., 1997) thus likely explaining the temporal variability in Δ DOC that we found. Finally, these streams harbor a functionally diverse microbial community that has been shown to vary with DOM composition (Fasching et al., 2020). Together, our results point to the importance of bacterial contribution to the DOM pool, at least for part of the time series and for short 5-day incubation periods. Contributions of bacterially derived carbon to DOC pools have been documented to be in the range of 30–50% (Kawasaki et al., 2013). Nevertheless, our results should be interpreted with caution given that DOC production was unexpected here.

BDOC values in most studies range from 0 to 70% (Fellman et al., 2009; Fasching et al., 2014; Coble et al., 2016, 2019). Variation in microbial biodegradability and production may be due to differences in laboratory incubation setup. Coble et al. (2019) quantified BDOC using 7-day laboratory incubations, which is most like our bioassay experiments, while other studies conducted their incubations for 20–30 days (Fellman et al., 2009; Fasching et al., 2014; Coble et al., 2016). Most incubations, including ours, took place at around 20°C, however, Fellman et al. (2009) incubated their samples at 25°C. Most importantly, even though every study used a bacterial or microbial inoculum, each inoculum was created differently. Similar our study, Coble et al. (2016) used an inoculum that was site specific. However, they prepared an inoculum that introduced a microbial assemblage from the water column and from the benthos (Coble et al., 2016), while we only utilized the bacterial community in the water column. Some studies used a composite, whether it was a slurry made up of river sediment, riparian soil, and river water (Coble et al., 2019) or a combination prepared by leaching soil collected in the riparian zone and incubating before using (Fellman et al., 2009).

Previous studies have found that changes to the DOM pool are related to differing catchment land uses, nutrient loading, and rates of microbial carbon processing (Wilson and Xenopoulos, 2009; Williams et al., 2010). Because of this, we expected to find that the bioavailability of DOC in streams increases with greater agricultural land use and a higher amount and proportion of autochthonous-like DOM. For example, Asmala et al. (2013) found that a higher percentage of forests and peatlands in the catchment decreased the bioavailability of DOC. However, we found that Δ DOC was not significantly different in the two streams. In fact, Δ DOC was correlated between our study streams, suggesting that the temporal patterns of Δ DOC were synchronous (Coble et al., 2016). Intriguingly, our data also suggest that different compositions of DOM and microbial populations can have similar biodegradability and production depending on the time of year. This temporal synchrony is likely driven by physical and climatic factors experienced by all streams and rivers in the region, such as changes in discharge, ambient water temperature, or light availability. Because our bioassays were incubated in the lab under similar conditions it is more likely that the synchrony is driven by biological successions such as microbial community composition, and its interactions among environmental factors (Coble et al., 2016; Vogt et al., 2016; Stadler et al., 2020).



Changes in DOM Composition During Incubations

Although we saw a greater change in the DOM composition in the forest stream, there were significant changes in DOM composition in both streams during the incubations. Besides the quantitative changes (as indicated by DOC concentration), DOM composition shifted upon microbial degradation, resulting in a slightly enhanced humic-like composition in both streams, similar to Boyd and Osburn (2004). Increases in humic-like fluorescence can be expected if microbial humification processes dominated, with bacteria selectively degrading the bioavailable DOM and, in the process, generating humic-like fluorescence (Guillemette and del Giorgio, 2012; Shimotori et al., 2012). Also, it may be possible that DOM typically considered to be allochthonous-like can be produced by microbial activity, potentially resulting from degradation of protein-like components (Guillemette and del Giorgio, 2012; Stadler et al., 2020). With increasing values of both allochthonous and autochthonous DOM indices, there was no discernible pattern across stream type or time though. Finally, we found that greater shifts in DOM composition during the incubations also increased the change in DOC.



Linking DOM Composition and Seasonality to DOC Degradation and Production

We did not find a relationship between Δ DOC and the initial DOM composition, so DOM composition was not a good predictor for Δ DOC in our study. While the DOM indices we commonly measure are good tracers, they do not represent the complete DOM pool. Therefore, the fact that we did not find a relationship may indicate that there is no effect of DOM composition on Δ DOC, and further studies are needed to support this hypothesis. The lack of significant relationships could also suggest limited predictive ability of Δ DOC by DOM composition measured here, similar to other studies (Fasching et al., 2014; Coble et al., 2016; Williams et al., 2016). This means that the initial qualities of DOM determined by catchment characteristics had no detectable impact on defining the biodegradability or production of DOC, which is consistent with Stadler et al. (2020) and refutes our main hypothesis. In contrast, other studies reported that the DOM source (i.e., different catchment land uses) significantly affected and was an influential predictor of DOC degradation (Fellman et al., 2009; Wickland et al., 2012), specifically that the amount of forests in the catchment decreases the bioavailability of DOC (Boyer and Groffman, 1996; Asmala et al., 2013).

Allochthonous-like DOM is typically more aromatic and complex and thus considered to have less biodegradable compounds (Kaplan and Bott, 1989; Kalbitz et al., 2003a; Berggren et al., 2009) but not always (e.g., McCallister and del Giorgio, 2012). Aged fractions of allochthonous-like DOM may be preferentially consumed, stimulating bacterial metabolism (McCallister and del Giorgio, 2012). Streams with more colored, aromatic terrestrial-derived DOM have higher ecosystem respiration than those dominated by protein-like DOM (Catalán et al., 2018) a result consistent with our findings here. In addition to DOM composition, microbial production also depends on the availability of other organic and inorganic forms of nitrogen and phosphorus (Brookshire et al., 2005; Harbott and Grace, 2005). Thus, further research is needed to measure a wider array of variables that are known to change or may possibly change the size of the bioavailable DOM pool.

Shifts in land use from forest cover to agriculture not only alter the chemical complexity of DOM, but it often also reduces the riparian zone along agricultural streams, further impacting DOM composition and bioavailability (Giling et al., 2013). Our comparable Δ DOC measurements could also be because the incubations were carried out exclusively in the dark, thus inhibiting photodegradation. The tree canopy cover above the agriculture stream is more open than above the forest stream, allowing higher light availability and consequently allowing for more a photobleached initial DOM pool due to photodegradation. Nevertheless, despite the streams differing in land use, nutrient concentrations, and DOM composition, the BDOC pool was similar, indicating the importance of a yet unmeasured or unknown variable.

We did find that Δ DOC and initial SUVA254 were positively correlated in both streams, similar to Coble et al. (2019). This increase in SUVA254 values could indicate either the selective utilization of less aromatic DOM by microbes or the production of UV-absorbing compounds by bacteria (Ortega-Retuerta et al., 2009). Aromatic compounds are also likely to be the most stable and dominant fraction of DOM (Kalbitz et al., 2003b). Finally, aromatic DOM can also play an important consumptive role in metabolism by acting as an electron shuttle in redox reactions (Cory and McKnight, 2005).

Although we did not find a significant link to BDOC in our study, there was a relationship between Δ DOM and both initial DOM composition and nutrient concentrations. There was a greater shift in DOM composition during incubations when the initial DOM composition was more terrestrial allochthonous-like. This is consistent with brown-water streams in Austria (Fasching et al., 2014). This may indicate that DOM of terrestrial origin is substantially reworked once it enters aquatic ecosystems to meet the microbial energy demand (Fasching et al., 2014), especially if low concentrations of nutrients are present. This also agrees with the greater shift in DOM composition that we saw in the forest stream incubations. Similarly, Fasching et al. (2014) did not find a relationship between DOM composition and BDOC but found that DOM composition impacted microbial carbon use efficiency (a determinant of primary production). Although we did not find a relationship with BDOC in our study, microbial respiration (e.g., DIC or CO2) may still be impacted by DOM composition. This would mean that a similar amount of DOM could be taken up by microbes in both streams (depending on seasonal factors) but degraded and reworked in different ways with possible consequences for respiration and CO2 production.

Finally, the bioavailability of DOM has previously been reported to have strong seasonal variation (Lønborg et al., 2009; Sintes et al., 2010). We did see strong fluctuations throughout the year and no correlation between either discharge or ambient water temperature and BDOC. However, our linear models showed that increases in discharge in the forest stream were related to shifts in DOM that lead to a more humic-like composition. Meanwhile, increases in discharge and nutrient concentrations lead to an increase in the change in DOM composition in the agriculture stream. In general, there was no relationship between BDOC and season, which is surprising considering BDOC fluctuated simultaneously in the two streams and suggests that perhaps the changing microbial community or some other climatic control that we did not measure is affecting BDOC.



CONCLUSION

We found very few significant relationships between DOC biodegradability and production, and DOM composition, discharge, and ambient water temperature. The synchronous pattern of Δ DOC cannot be explained by DOM composition or seasonality alone, suggesting that broad environmental factors also shape Δ DOC. However, the initial DOM composition is important for the reworking of the DOM pool. The lack of discernible pattern in DOM change (i.e., increases in both allochthonous- and autochthonous-like DOM indices) during the incubations also needs to be further explored. When small parts of the DOM pool are transformed in aquatic ecosystems there can be significant impacts on ecosystem function, such as decreases in primary productivity, releasing of CO2 to the atmosphere, or burial of carbon in sediments (Prairie, 2008; Lapierre et al., 2013; Seekell et al., 2015). Now that we are re-evaluating the common assumption that terrestrial DOM is resistant to microbial activity, we need to continue to investigate the metabolic fate of terrestrial DOM and assess its potential contribution to carbon cycling in streams.
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To study the response of bacteria to different size-fractions of naturally occurring dissolved organic matter (DOM), a natural prokaryotic community from North Atlantic mesopelagic waters (1000 m depth) was isolated and grown in (i) 0.1-μm filtered seawater (CONTROL), (ii) the low-molecular-weight (<1 kDa) DOM fraction (L-DOM), and (iii) the recombination of high- (>1 kDa) and low-molecular-weight DOM fractions (H + L-DOM), to test the potential effect of ultrafiltration on breaking the DOM size continuum. Prokaryotic abundance and leucine incorporation were consistently higher in the H + L-DOM niche than in the L-DOM and CONTROL treatments, suggesting a different interaction with each DOM fraction and the disruption of the structural DOM continuum by ultrafiltration, respectively. Rhodobacterales (Alphaproteobacteria) and Flavobacteriales (Bacteroidetes) were particularly enriched in L-DOM and closely related to the colored DOM (CDOM) fraction, indicating the tight link between these groups and changes in DOM aromaticity. Conversely, some other taxa that were rare or undetectable in the original bacterial community were enriched in the H + L-DOM treatment (e.g., Alteromonadales belonging to Gammaproteobacteria), highlighting the role of the rare biosphere as a seed bank of diversity against ecosystem disturbance. The relationship between the fluorescence of protein-like CDOM and community composition of populations in the H + L-DOM treatment suggested their preference for labile DOM. Conversely, the communities growing on the L-DOM niche were coupled to humic-like CDOM, which may indicate their ability to degrade more reworked DOM and/or the generation of refractory substrates (as by-products of the respiration processes). Most importantly, L- and/or H + L-DOM treatments stimulated the growth of unique bacterial amplicon sequence variants (ASVs), suggesting the potential of environmental selection (i.e., changes in DOM composition and availability), particularly in the light of climate change scenarios. Taken together, our results suggest that different size-fractions of DOM induced niche-specialization and differentiation of mesopelagic bacterial communities.

Keywords: bacterial diversity, amplicon sequencing variants, flow cytometry, dissolved organic matter, DOM optical properties, tangential ultrafiltration, size-fractionated DOM, remineralization


INTRODUCTION

Dissolved organic matter (DOM) is a complex mixture of compounds that constitutes a major source of carbon and energy in aquatic ecosystems (Hansell et al., 2009). Most DOM in the oceans originates from phytoplankton, either via extracellular release or via zooplankton grazing and viral lysis (Buchan et al., 2014). A significant fraction of this DOM is remineralized in sunlit surface waters, whereas a variable fraction is exported into the dark ocean realm (Buchan et al., 2014) fueling deep sea microbial communities (Arístegui et al., 2009). The size-reactivity continuum model hypothesizes how the bioreactivity of natural organic matter decreases, in general, along a continuum of size, diagenetic alteration and age, giving rise to a net flow of organic carbon from larger to smaller size classes with increasing decomposition (Benner and Amon, 2015). Besides, this reactivity is strongly dependent on environmental variables, such as inorganic nutrients or temperature (Arnosti et al., 2011). Hence, marine heterotrophic bacteria utilize DOM differentially depending on both chemical composition and molecular size (Amon and Benner, 1996; Nagata, 2008). Considerable effort aimed at describing DOM has focused on characterizing the high-molecular-weight fraction of DOM (>1 kDa), that can contain both refractory compounds, resistant to biological or chemical processes (e.g., humic substances), and/or labile material that can be rapidly utilized by marine bacteria (Amon and Benner, 1996; Ogawa and Tanoue, 2003). The majority of marine DOM is found below 1000 m depth, where it is transported by deep ocean circulation and exposed to very low degradation rates (Barber, 1968; Benner, 2002; Hansell, 2013). Results from degradation experiments indicate that most of this dark ocean DOM falls within the low-molecular-weight fraction (<1 kDa) of DOM (Amon and Benner, 1996), originated by microbial processes that make this DOM resistant to further degradation by altering the molecular structure (Ogawa et al., 2001). Nevertheless, compounds like urea and free amino acids, which are also part of the low-molecular-weight DOM, are known to be highly labile (Hansell and Carlson, 2015). Rapid uptake by microbes might likely help to explain the low concentrations of such compounds in deep seawater. However, the reactivity of DOM does not only depend on the size and chemical characteristics of the organic compounds, but should be also dependent on the composition of the consumer community.

In the oceans, water masses are characterized by hydrographic signatures and associated microbial communities (Galand et al., 2009; Agogué et al., 2011). Yet, much remains to be learned about whether activity and community compositional variances in different water masses have consequences for organic matter degradation. A previous work in the deep North Atlantic Ocean indicated a bacterial community structure shaped not only by depth-related physicochemical features but also by DOM quality (Dobal-Amador et al., 2016). Later studies in the same area found associations of some specific bacterial taxa with particular DOM optical signatures under in situ conditions, suggesting the relation between SAR324 and the degradation of DOM in deep waters, and/or the connection between SAR202 and SAR406 with refractory DOM compounds (Guerrero-Feijóo et al., 2017). However, it remains unknown which microbial groups are relevant to the degradation of different size fractions of naturally occurring mesopelagic DOM.

Mesopelagic environments are characterized by more stable physical conditions than those found in surface waters (Costello and Breyer, 2017), while the composition of organic constituents display high variability and it is linked to microbial community structure (Kaiser and Benner, 2012; Guerrero-Feijóo et al., 2017). Upwelling systems are sites of enhanced primary production and organic matter export. In particular, the study region in the Atlantic Iberian margin (from 43°N, 9°W to 43°N, 15°W) is a dynamic area characterized by seasonal upwelling pulses, which support both the offshore export and sinking fluxes of organic matter (Teira et al., 2003; Álvarez-Salgado et al., 2006; Lønborg et al., 2015). Mixing of different water masses reaches down to the mesopelagic layer that flows northwards along the western Iberian Peninsula (Ruiz-Villarreal et al., 2006) leading to organic matter fluxes and consequently affecting to the abundance and composition of the microbial communities inhabiting the dark ocean (Guerrero-Feijóo et al., 2017). Therefore, it represents an ideal area to test the hypothesis that different size fractions of natural DOM will select bacterial communities with different activity, diversity and/or community composition, linked to changes in the composition of DOM as far as degradation occurs. Thus, we set up an experimental approach to investigate the effect of size-fractionated (presumably with different composition) naturally occurring DOM on: (i) prokaryotic abundance and activity; and (ii) bacterioplankton diversity and community composition; and their links to (iii) optical indices of the available DOM as far as it is degraded and modified by the biological community.



MATERIALS AND METHODS


Sampling and Experimental Set-Up

Seawater from the mesopelagic layer (1000 m depth) was collected on the 7th August 2014 during the MODUPLAN cruise, on board R/V Sarmiento de Gamboa. Seawater was sampled at St. 11 (43°N, 10°W) using 12-L Niskin bottles mounted on a CTD-rosette sampler and collected in acid-washed polycarbonate carboys (Nalgene). Firstly, 75 L of the seawater sample were filtered through 0.1 μm membrane filters (142 mm diameter, Supor-100, Pall Corporation) to completely remove bacteria. Subsequently, 50 L of the filtrate were filtered again using a tangential flow ultrafiltration system with a 1 kDa ultrafiltration membrane (GE Series, GE Power and Water), splitting (size-fractionating) the sample into high (>1 kDa, final volume 1.75 L) and low (<1 kDa, final volume 48.25 L) molecular weight fractions. The concentration factor (CF = sample volume/retentate volume) was quite low (∼28) to ensure a pure low-molecular-weight fraction (Martínez-Pérez et al., 2017). Three different base treatments were performed: (i) a CONTROL treatment using 0.1 μm filtered seawater (which is representative of all-size DOM without further manipulation); (ii) a L-DOM treatment using the 1 kDa filtered seawater (which is representative of low-molecular-weight DOM; <1 kDa) and (iii) a H + L-DOM treatment that was prepared by recombining the 1 kDa filtered seawater (<1 kDa; low-molecular-weight DOM) and the retentate seawater (<0.1 μm and >1 kDa, high-molecular-weight DOM) in the same proportion as the tangential flow separation (which is also representative of all-sizes DOM). This last treatment was performed to take into account the possible effect of the ultrafiltration processes on breaking the DOM reactivity-size continuum. A fraction of the original ambient seawater was filtered using 0.6 μm filters (142 mm diameter, polycarbonate hydrophilic membranes, ipPORETM Track Etched Membrane). This filtrate containing the natural bacterial community was used as the inoculum (dilution 1:10) for all the treatments. The three treatments were prepared as 7-L microcosms in triplicate and were kept at controlled in situ temperature (10°C) in the dark to simulate the environmental conditions of the mesopelagic waters. Experimental incubations were monitored daily over 6 days. Due to the low DOM concentrations and to avoid contamination we did not filter the samples before the measurements of the optical properties of DOM, so they actually include the DOM but also the bacteria growing in each treatment. Microbial growth was assessed daily by determining prokaryotic abundance and leucine incorporation until the communities reached the stationary phase. A volume of 2–4 L was filtered at the end of the experiment to assess community composition in the different treatments. The filters were flash-frozen in liquid nitrogen and stored at −80°C until DNA extraction.



Inorganic Nutrients

Water samples for nutrient salts (nitrate, nitrite, and phosphate) analysis were collected at the onset and the end of the experiment. Water samples were frozen on board until measured in the home laboratory using a QuAAtro auto-analyzer from SEAL Analytical. The protocols from SEAL analytics Q-126-12 and Q-104-09 were used for nitrate and nitrite, and Q-125-12 for phosphate concentration analysis, respectively (Coverly et al., 2012).



DOM Optical Properties

DOM optical properties were measured on board at the beginning and at the end of the experiment, by pouring small aliquots of sample (5–25 mL) directly into the corresponding optical measurement cell. On the one hand, fluorescence intensity was measured with a Perkin Elmer LS55 following Nieto-Cid et al. (2006) at two excitation/emission wavelengths pairs: (i) 320 nm/410 nm (peak M), characteristic of marine humic-like substances, and (ii) 280 nm/350 nm (peak T), characteristic of protein-like molecules. Samples were calibrated against quinine sulfate and results are given in quinine sulfate units (QSU) by subtracting fresh Milli-Q water. On the other hand, the absorption spectra of chromophoric DOM were acquired on a Beckman Coulter DU800 spectrophotometer equipped with quartz cells (10 cm length). Spectral scans were collected from 250 to 700 nm providing the following indices (Green and Blough, 1994): (i) a254 (absorption coefficient at 254 nm, used as a proxy for dissolved organic carbon; Lønborg and Álvarez-Salgado, 2014); a340 (absorption coefficient at 340 nm) and a365 (absorption coefficient at 365 nm), and (ii) s275-295 (slope of the absorption spectrum between 275 and 295 nm, providing information on shifts in molecular mass and DOM aromaticity; Helms et al., 2008; Catalá et al., 2018). The differences between the absorption coefficients lay on the nature of the colored DOM, as the intensification of the conjugation/aromaticity increases with the absorption wavelength (Stedmon and Nelson, 2015; Catalá et al., 2018). Thus, absorption coefficients at wavelength larger than 300 nm would only gather information for complex/aromatic molecules and would not be related to relatively simple compounds, which are related instead to a254.



Total Prokaryotic Abundance

Total prokaryotic abundance (PA) was determined by flow cytometry as previously described by Gasol et al. (1999). Briefly, water samples (1.8 mL) were preserved with 1% paraformaldehyde plus 0.05% glutaraldehyde (final concentration), shock-frozen in liquid nitrogen for 5 min and stored at −80°C until further analysis. Samples were thawed and stained with Syto13 for 10 min in the dark. Fluorescent latex beads (approximately 1 × 105 mL–1; Molecular Probes, 12 Invitrogen, Carlsbad, CA) were added as internal standard. Prokaryotic cells were counted using a FACSCalibur flow cytometer (Becton Dickinson, Franklin Lakes, NJ, United States) according to their signature in right angle light scatter and green fluorescence. Two types of cells, low nucleic acid (LNA) and high nucleic acid (HNA) content, were differentiated. The proportion of HNA bacteria from the prokaryotic community (%HNA) was calculated as the number of HNA cells divided by total (LNA + HNA) Syto-13 cell counts (Morán and Calvo-Díaz, 2009).



Bacterial Membrane Integrity

We followed Grégori et al. (2001) to evaluate cell membrane integrity using nucleic acid double staining (NADS) with SYBR Green I (Molecular Probes, ref. S-7563) and propidium iodide (PI; Sigma, ref. P-4170). Water samples (0.4 mL) were stained with 1× SYBR Green I and 10 μg mL–1 PI for 15 min in the dark at room temperature. Subsequently to the addition of the beads solution as internal standard, the samples were run in a FACSCalibur flow cytometer. Cells impermeable to PI and cells permeable to PI (i.e., cells with intact and damaged membranes, respectively) were distinguished according to their signature in red and green fluorescence. The terms “live” and “dead” were subsequently used to designate cells with intact and damaged membranes, respectively. To obtain a coherent dataset, the percentage of live cells (%live) was calculated as the number of live cells divided by the sum of live and dead cells, rather than to total bacteria previously quantified by Syto13-staining (Morán and Calvo-Díaz, 2009).



Actively Respiring Bacterial Cells

We used the redox dye 5-Cyano-2,3-di-(p-tolyl)tetrazolium chloride (CTC, Polysciences, ref. 19292) to identify actively respiring cells. Water samples (0.25 mL) were incubated with CTC (5 mmol L–1, final concentration) for c. 90 min in dark at in situ temperature as described in Morán and Calvo-Díaz (2009). Subsequently, the samples were immediately run through the flow cytometer, and the CTC + cells were identified according to their signature in red versus orange fluorescence. The proportion of CTC + cells (%CTC +) was calculated for each sample as the number of CTC + cells versus the total bacterial counts estimated with Syto-13 (Morán and Calvo-Díaz, 2009).



Prokaryotic Leucine Incorporation

Samples to measure leucine incorporation rates by heterotrophic prokaryotes were inoculated with 5 nM 3H-leucine (final concentration, specific activity 160 Ci mmol–1) and incubated in the dark at in situ temperature for 4–6 h depending on the expected activity. Subsequently, TCA (5% final concentration) was added to the samples. The samples were pelleted by centrifugation (12350 g, 10 min) and washed with 1 mL of 5% TCA (Kirchman et al., 1985). Afterward, 1 mL of scintillation cocktail was added to the pellets and after 18 h and the radioactivity was determined in a scintillation counter (TRI-CARB Liquid Scintillation Counter Perkin Elmer). The mean disintegrations per minute (DPM) of the blanks were subtracted from the mean DPM of the respective samples. The obtained disintegrations per minute (DPMs) were converted to leucine incorporation rates (Leu incorp., pmol leu h–1 L–1). The cell-specific activity (pmol leu cell–1 h–1) was estimated dividing leucine incorporation rate by prokaryotic abundance.



DNA Extraction, Sequencing and Bioinformatics

Samples for DNA analysis were collected in the three different treatments at the end of the experiment (day 6). A volume of 2 L of water was filtered onto a 0.2 μm polycarbonate filter (Millipore) and the filters were subsequently stored at −80°C until further analysis. DNA extraction was performed with PowerSoil DNA Isolation Kit (MO BIO) according to manufacturer protocol. Subsequently, the 9 DNA extracts were sent to the Research and Testing Laboratory (Lubbock, TX, United States)1 for 454-pyrosequencing with the primers 341F (CCTACGGGNGGCWGCAG) and 805R (GACTACHVGGGTATCTAATCC) (Herlemann et al., 2011), generating amplicons spanning the V3 to V4 regions of the bacterial 16S rRNA gene. Exact amplicon sequence variants (ASVs) were differentiated by using the package dada2 (Callahan et al., 2016) implemented in R (R Core Team, 2019), which resolves ASVs inferring exact variants up to 1 nucleotide of difference. Sequences were aligned against SILVA 132 16S rRNA database (Quast et al., 2012) as reference. Finally, singletons (ASVs found only once in the final ASV table) were excluded, as they have been shown to likely be the result of PCR or sequencing errors (Huse et al., 2010). Pyrotag sequences have been deposited in the National Center for Biotechnology Information (NCBI) Sequence Read Archive (SRA) under PRJNA385510 BioProject number.

Given the small differences in the number of reads among samples (average difference 397 ± 49 reads), we retained all our reads (McMurdie and Holmes, 2014) to avoid losing diversity. ASV richness was calculated with the function estimateR and Shannon diversity index was computed with the function diversity, both included in the vegan package (Oksanen et al., 2012) in R (R Core Team, 2019). Venn diagrams were built using the R package VennDiagram (Chen and Boutros, 2011). Fold change was estimated as the ratio between the relative abundance (%) of a given ASV or taxonomic group in the L-DOM and/or H + L-DOM treatment with respect to its relative abundance in the CONTROL treatment. Because some ASVs were absent in CONTROL (relative abundance = 0), relative abundances in all treatments were incremented in one unit, adding up 1, allowing Fold Change to be computed while keeping proportions between the compared relative abundances. To improve the interpretation of data, this expression was transformed to “Fold Change – 1,” so that decreasing responses compared against CONTROL (Fold Change between 0 and 1) are expressed as negative values.



Statistical Analysis

Normality was tested with the Shapiro-Wilk test. For comparative analysis of the different variables among the three treatments, ANOVA and post host pairwise t-test were performed. These statistical analyses were performed with SPSS software.

The SIMPER analysis, quantified with the function simper included in the vegan package (Oksanen et al., 2012) in R (R Core Team, 2019), allows to identify ASVs that are likely to be the major contributors to the dissimilarity found between each pair of groups (Clarke, 1993) (L-DOM versus H + L-DOM, CONTROL versus L-DOM, and CONTROL versus H + L-DOM).

Redundancy analysis (RDA) was performed to test the relationship among shifts in DOM optical properties (peak M, peak T, a254, a340, a365, s275-295), single-cell physiological properties (%CTC + and%live), and bacterioplankton community composition in the different treatments (Ramette, 2007). PERMANOVA was used to test for differences in prokaryotic community structure among treatments. These statistical analyses were performed and visualized by XLSTAT software2 (Addinsoft, New York, NY, United States).



RESULTS


Inorganic Nutrients and Optical Characterization of DOM

At the beginning of the experiment, averaged (mean ± SD) concentrations of NO3– + NO2– showed similar values in the three treatments (13.70 ± 0.04, 13.74 ± 0.02 and 13.63 ± 0.07 μM in CONTROL, H + L- and L-DOM, respectively, ANOVA p > 0.05). Also, the mean PO43– initial concentration was similar in all treatments (0.99 ± 0.03, 0.97 ± 0.02 and 0.96 ± 0.03 μM in CONTROL, L- and H + L-DOM, respectively, ANOVA p > 0.05). Changes in PO43– concentration were not significant after the 6-day incubation, whereas the inorganic nitrogen concentration (NO3– + NO2–) showed different dynamics in the three treatments. The NO3– + NO2– concentration was lower in CONTROL and H + L-DOM than in L-DOM treatment after 6 days of experiment (on average, 13.61 ± 0.25, 13.47 ± 0.05 and 13.81 ± 0.02 μM in CONTROL, H + L- and L-DOM, respectively). Indeed, the concentration of inorganic nitrogen exhibited a significant decrease (mean ± SD) by −0.27 ± 0.09 (t-test, p < 0.05) μmol kg–1 in H + L-DOM treatment, whereas it increased significantly by 0.18 ± 0.01 μmol kg–1 (t-test, p < 0.05) in L-DOM treatment (Supplementary Table 1). CONTROL displayed a slight decrease in inorganic nitrogen concentration between day 0 and day 6 (−0.09 ± 0.03), although those difference was not statistically significant (t-test, p > 0.05).

Changes in the optical properties of DOM (mean ± SD) for each treatment during the experimental period are summarized in Table 1 (see also Supplementary Table 2). Peak M did not display significant changes in any of the treatments between day 0 and day 6 (t-test, p > 0.05). Peak T significantly increased from day 0 to 6 by 0.7 ± 0.4 and 0.9 ± 0.4 QSU in CONTROL (t-test, p < 0.05) and H + L-DOM treatments (t-test, p < 0.05), respectively. Absorption coefficient a254 significantly decreased with time in the three treatments (−0.05 ± 0.02, −0.10 ± 0.06 and −0.07 ± 0.02 m–1; t test, p < 0.05; in CONTROL, H + L- and L-DOM treatments, Table 1). Similarly, a340 and a365 decreased in the three treatments by the end of the experiment (Table 1), although these differences were only statistically significant in CONTROL and L-DOM treatments (t-test, p < 0.05). Conversely, the absorption slope (s275-295) increased over the time course of the experiment, although not significant differences were found between sampling times (t-test, p > 0.05).


TABLE 1. Variation of the average (mean ± SD) DOM optical properties between day 0 and day 6 in the three treatments: 0.1-μm filtered seawater (CONTROL), the recombination of high- (>1 kDa) and low- (<1 kDa) molecular-weight DOM fractions (H + L-DOM) and the low-molecular-weight DOM fraction (L-DOM).
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Bulk and Single-Cell Microbial Properties

The prokaryotic abundance (PA) was similar in CONTROL, H + L-DOM and L-DOM treatments at the beginning of the experiment (0.70 ± 0.24 × 104, 0.43 ± 0.11 × 104, and 0.37 ± 0.06 × 104 cells mL–1, respectively; ANOVA p > 0.05). PA increased exponentially in the three treatments until day 6 (Figures 1A–C). CONTROL and L-DOM treatments yielded significantly lower PA (4.73 ± 0.28 × 104 and 5.84 ± 1.03 × 104 cell mL–1, respectively) as compared to H + L-DOM (15.80 ± 3.80 × 104 cell mL–1) (t-test, p < 0.05) at the end of the experiment. In the three treatments, cells with high nucleic acid content (%HNA) dominated the community throughout the time span of the experiment (Figures 1A–C), with relative abundance >50% in most of the samples. Besides, live microbial cells (%live) were more abundant (>50%) than dead cells throughout the time span of the experiment (t-test, p < 0.05). Significant differences in live microbial cells (%live) were not found among the three treatments (ANOVA, p > 0.05), although they reached higher average values in CONTROL (∼70%) and H + L-DOM (∼80%) than in L-DOM (∼60%) (Figures 1D–F). The percentage of actively respiring cells (%CTC +) represented a variable fraction of the total community throughout the time span of the experiment, and no significant differences were found among the three treatments (ANOVA, p > 0.05) (Figures 1D–F).
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FIGURE 1. Time course of bulk and single-cell microbial properties during the experiment. Prokaryotic abundance (PA) and % of high nucleic content (%HNA) present in panel (A) CONTROL, (B) H + L-DOM, and (C) L-DOM. The % of actively respiring cells (% CTC +) and % of live cells (%live) in panel (D) CONTROL, (E) H + L-DOM and (F) L-DOM. Leucine incorporation rate and cell-specific activity in panel (G) CONTROL, (H) H + L-DOM, and (I) L-DOM. See Table 1 for treatments definition.


Leucine incorporation rate (Leu incorp.) increased over time in all treatments and showed significantly 3-fold higher rates (t-test, p < 0.05) on day 6 in H + L-DOM (1.34 ± 0.30 × 102 pmol Leu L–1 h–1) as compared to CONTROL and L-DOM (0.59 ± 0.07 × 102 and 0.54 ± 0.17 × 102 pmol Leu L–1 h–1, respectively) (Figures 1G–I). Cell-specific activity (Leu incorp. per cell) generally increased in all treatments from the beginning of the experiment to day 4 to subsequently slightly decrease down to ∼1 pmol Leu cell–1 h–1 in all treatments at the end of the experiment (Figures 1G–I).



Bacterial Richness, Diversity and Community Composition Growing on Different DOM

A total of 236 ASVs were detected in the three treatments after the incubation period. Significant differences were found in observed ASV richness (Sobs) among the three treatments (ANOVA, p < 0.05). H + L-DOM treatment displayed significantly higher Sobs than L-DOM (Tukey’s test, p < 0.05), while L-DOM showed Sobs significantly lower than CONTROL treatment (Tukey’s test, p < 0.05). Conversely, we did not find significant differences in the Shannon index among the three treatments (ANOVA, p > 0.05) (Table 2).


TABLE 2. Mean (±SD) observed ASV richness (Sobs), and Shannon diversity index of bacterial communities growing in the three treatments (CONTROL, H + L-DOM and L-DOM, see Table 1 for treatments definition) at the end of the experiment (day 6).

[image: Table 2]After 6 days of incubation, a relatively narrow phylogenetic bacterial community was found in all treatments as compared to the original community (see Supplementary Figure 1). However, treatments were remarkably different in terms of community composition among each other (Figure 2). The number of ASVs shared among the three treatments (11 ASVs, <10% of total ASV richness), as well as between pairs of treatments, was relatively low (Figure 2A). Consequently, communities growing under the different treatments were composed mostly by unique ASVs (i.e., they were present only in one of the treatments), which belonged mainly to the Orders Oceanospirillales, Alteromonadales and Rhodobacterales (Figure 2B and Supplementary Table 3). SIMPER analysis quantified the contribution of ASVs to the dissimilarity found between pairs of treatments (Supplementary Table 4). It showed that 21 ASV belong to 8 different genera [Shimia (ASV23, ASV25, ASV24, ASV26, ASV27), Shewanella (ASV115, ASV116, ASV117, ASV118), Thalassotalea (ASV73, ASV74, ASV75), Lentibacter (ASV12, ASV13), Olephilus (ASV151), Vibrio (ASV213), Marinobacter (ASV86, ASV87, ASV91) and Sacharospirillaceae (ASV183, ASV184)], explained more than 50% of the variation between DOM-treatments (L- and H + L-DOM). The greatest contribution to differences between CONTROL and both L- and H + L-DOM treatments was due to Lentibacter (ASV12), Shewanella (ASV115), Sacharospirillaceae (ASV183), Shimia (ASV23, ASV24) and Thalassotalea (ASV73) which explained between 13.89 and 21.39%, respectively.
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FIGURE 2. Venn diagrams showing (A) the number of ASVs shared among the CONTROL, H + L-DOM and L-DOM treatments, as well as unique ASVs for each treatment, for the whole bacterial community; and (B) the number of ASVs shared among CONTROL, H + L-DOM and L-DOM, as well as unique ASVs for each treatment, for specific bacterial Orders. In brackets, the total number of ASVs belonging to each Order is shown. See Table 1 for treatments definition.


In order to investigate the principal responders to the size-fractionated DOM treatments, we calculated the average fold change in relative abundance of ASVs growing in H + L-DOM and/or L-DOM compared against CONTROL treatment (Figure 3). At Order level (Figure 3A), ASVs belonging to Flavobacteriales and Rhodobacterales experimented significantly higher enrichment in L-DOM than in H + L-DOM treatment (t-test, p < 0.05). Also, ASVs belonging to Cellvibrionales were more enriched in L-DOM than in H + L-DOM treatment, although the difference in fold change for these ASVs between the two treatments was not statistically significant (t-test, p > 0.05). Conversely, ASVs belonging to Alteromonadales were significantly more enriched in H + L-DOM than in L-DOM (t-test, p < 0.05). In the same way, Betaproteobacteriales, and to a lesser extent Arenicellales, also displayed higher fold change in H + L- than in L-DOM, although the differences in relative abundance of ASVs belonging to this order were not statistically significant (t-test, p > 0.05).
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FIGURE 3. Average “Fold Change – 1,” based on the average relative abundance under H + L-DOM and/or L-DOM compared against CONTROL, at (A) Order-level (B) individual ASV-level (only ASVs with a difference in relative abundance >1% compared against CONTROL are shown). “Fold Change – 1” = 0 indicates no difference in relative abundance in a treatment compared to CONTROL, while negative values denote decreasing relative abundances compared against CONTROL. Underlined ASVs are those which were absent in CONTROL but were present (relative abundance >0) in any or both DOM-treatments. Bars denote the propagated standard errors. Flavobacteriales, Rhodobacterales and Alteromonadales were significantly more enriched in H + L-DOM than in L-DOM (t-test, p < 0.05). See Table 1 for treatments definition.


Interestingly, Rhodobacterales, Cellvibrionales and Gammaproteobacteria_others presented opposite fold changes in L-DOM and H + L-DOM treatments. While Rhodobacterales and Cellvibrionales were enriched in L-DOM, these orders decreased in relative abundance in H + L-DOM. Conversely, H + L-DOM treatment stimulated the growth of ASVs belonging to Gammaproteobacteria, while they decreased under the L-DOM effect. At individual ASV-level (Figure 3B), ASVs belonging to Tenacibaculum (ASV3), Lentibacter (ASV12 and ASV13), Shewanella (ASV115), Oleiphilus (ASV154 and ASV156) and Saccharospirillaceae (ASV184) showed greater enrichments in L-DOM (fold change >2) than in H + L-DOM. Conversely, ASVs belonging to Thalassotalea (ASV73 and ASV74), Marinobacter (ASV89 and ASV91), Shewanella (ASV116, ASV117, ASV118, and ASV119), Oleiphilus (ASV158), Oleispira (ASV178), and Vibrio (ASV213) displayed higher enrichments in H + L-DOM (fold change >2) than in L-DOM treatment. Finally, some ASVs belonging to Shimia and Thalassotalea showed opposite fold changes in H + L-DOM and L-DOM treatments. While Shimia (ASV25, ASV26) increased in L-DOM, those ASVs showed a decrease when growing at the expense of H + L-DOM. Conversely, Thalassotalea (ASV74, ASV75) showed enrichment in H + L-DOM treatment, whereas those ASVs decreased in L-DOM.



Links Between the Activity and Community Composition of Bacteria Growing on Different DOM Size-Fractions and Their Optical Properties

Significant differences were found in community composition among the three treatments (Permutational multivariate analysis of variance, PERMANOVA, p < 0.05). Redundancy analysis (Figure 4) axes 1 and 2 explained ∼37 and ∼32% of the variability of the bacterial communities, respectively. The proportion of actively respiring cells (%CTC +) and a254 were positively correlated with both axes. Peak T was negatively correlated with axis 1 and positively with axis 2. Peak M, %live, a340, a365 and s275-295 were positively correlated with axis 1 but negatively with axis 2. RDA indicated that s275-295, a365 and a340 were the main DOM indices differentiating CONTROL versus H + L-DOM and L-DOM communities. H + L-DOM communities, particularly some Alteromonadales (such as Thalassotalea sp., Shewanella sp., and Marinobacter), Oceanospirillales (such as Oleiphilus), and Vibrionales (such as Vibrio) were associated to protein-like substances (peak T) and%CTC + cells. In contrast, a254, peak M and%live were associated with L-DOM communities, particularly with members of Rhodobacterales (such as Lentibacter sp and Pseudobacter sp.), Flavobacteriales (such as Tenacibaculum), and Oceanospirillales (such as Sacharospirillaceae and Oleiphilus).
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FIGURE 4. Redundancy Analysis (RDA) showing the vectors for the different optical indices of the DOM and for the bulk bacterial parameters along with the main bacterial phylotypes related to them. Blue circles, green squares, and orange squares represent respectively the replicates of CONTROL, H + L-DOM and L-DOM treatments. The direction and length of the vectors indicate the increase of the different variables. See Table 1 and Figure 1 for abbreviations of DOM optical properties and microbial properties.




DISCUSSION

DOM in marine environments is composed by a heterogeneous size-reactivity continuum of compounds, including low- and high-molecular-weight substrates, influencing the microbial abundance and composition as well as their metabolic activity. Several studies have shed light on the bacterial utilization of the high- and low-molecular-weight fractions of natural DOM, most of them focusing on the relationship of different DOM fractions with microbial bulk parameters (i.e., bacterial abundance and production) (e.g., Amon and Benner, 1994; Khodse and Bhosle, 2011; Amon, 2016) and some on the identity of Bacteria cycling DOM (i.e., Covert and Moran, 2001; Sharma et al., 2014; Balmonte et al., 2019). On the other hand, degradation processes might shape the size continuum distribution of organic matter and the nature of the small dissolved organic molecules that persist in the ocean (Benner and Amon, 2015). Despite these advances in disentangling the interactions between bacterial and DOM size fractions, so far there are no studies about the effect of different size-fractionated natural DOM on bacterial activity, diversity and community composition, concomitant with changes in the DOM composition which follow microbial degradation of naturally occurring DOM in the dark ocean.


Changes in Bacterial Bulk Properties and Links With DOM Optical Indices in Response to Size-Fractionated DOM Effect

A detailed analysis of the DOM optical indices during our experiment revealed that a254, used as a proxy for DOC concentrations (Lønborg and Álvarez-Salgado, 2014; Catalá et al., 2018), decreased significantly over the time course of the experiment. The decline of this index, together with an increase in inorganic nitrogen concentration in the L-DOM incubations, confirmed the bioavailability of a fraction of the DOM in this treatment. Besides, the increase in the spectral absorption slope s275-295 (proxy for the average molecular weight of the DOM; Helms et al., 2008) over the time course of the experiment indicated a decreased of the average molecular weight of DOM during the incubation period. This fact suggests that the relatively higher-molecular-weight DOM available in both L- and H + L-DOM treatments was likely preferentially used by bacteria, in accordance to Benner and Amon (2015).

Additionally, our results confirm that the ultrafiltration procedure used for separating the different size-fraction of DOM affects the integrity of DOM (breaking up the size continuum), as indicated by differences in the optical indices direct values between CONTROL and H + L-DOM (Supplementary Table 2). We hypothesized that the disruption of low-energy bonds in gels and colloids during ultrafiltration (Verdugo, 2012) is one of the main reasons for the observed differences between these two treatments. Indeed, the resulting molecules might be more accessible to microbial degradation, as suggested by consistently higher prokaryotic abundance, % of live cells and leucine incorporation rates in H + L-DOM compared to CONTROL. Moreover, these bulk variables and the % of live cells were also larger in the H + L-DOM than in the L-DOM treatment, in agreement with previous studies in freshwater and marine systems (Benner and Amon, 2015). However, contrasting results have also been reported in coastal marine waters (Khodse and Bhosle, 2011).

The decrease of DOM molecular weight in the L-DOM treatment (observed by a higher increase of the s275-295 values; Helms et al., 2008), in parallel with a coupling to peak M and a254 (Figure 4), may indicate the ability of the assemblages growing on L-DOM to degrade older/more reworked DOM (Martínez-Pérez et al., 2017). Nevertheless, this coupling could also be related to the generation of refractory compounds (humic-like compounds, peak M) as subproducts of the remineralization processes (Jiao et al., 2010; Martínez-Pérez et al., 2017). Conversely, the H + L-DOM treatment was linked to peak T (protein-like compounds), pointing to a more important bond with the assimilation of labile material by the microbial communities growing on this niche. The fast turnover of this labile DOM (more variable and difficult to measure) may be the cause behind the major dispersion among the H + L-DOM replicates, compared to the CONTROL and the L-DOM replicates (Figure 4). Additionally, as pointed out by Yamashita and Tanoue (2003), some living organisms as bacteria display protein-like fluorescence. Since our samples were not filtered and they contain bacteria, the increase of this type of fluorescence during the incubations is more likely due to the increase of the microbial biomass.

In such a context, we must take into account that our study is based on “bulk measurements” that do not capture the material that is rapidly turned over (mostly within the low-molecular-weight fraction of DOM). Nevertheless, this rapidly consumed material could also be present in the dark ocean and sustain a select group of heterotrophic microbes in the deep ocean (Nagata et al., 2000; Hansell and Ducklow, 2003; Shen and Benner, 2020). Furthermore, compositional changes that occur during degradation are more complex than the simple removal of more labile compounds and the resultant accumulation of the remaining, less labile substrates. DOM reactivity also depends upon the consumer community composition. Thus, DOM is continually cycled and enzymatically hydrolyzed to smaller pieces (lower-molecular-weight compounds), which may likely persist at very low concentration. If so, the energetic gain from taking up these compounds may not pay off the cost of putting into operation the machinery to utilize them. Consequently, even intrinsically labile DOM may not be readily degraded due to limited availability or access to such molecules, according to the dilution hypothesis (Jannasch, 1967). This could provide a coherent explanation of why the DOM was relatively less reactive in the L-DOM treatment of our study, although there are still organisms potentially capable of degrading this relatively lower-molecular-weight DOM (see “Diversity and Community Composition Selection in Response to Size-Fractionated DOM Effect”). Alternatively, it is also likely that some DOM compounds are very resistant to microbial utilization due to their molecular properties (i.e., DOM quality). Rapid microbial utilization of diatom-derived DOM was recently observed in mesopelagic and deep waters of the North Atlantic, whereas marine humic substances were very resistant to utilization at elevated concentrations (Shen and Benner, 2020). The optical properties of the diatom –derived DOM were utilized within 48 h, whereas no substantial changes were observed in the optical properties of the humic substances. Labile forms of DOM are rapidly utilized by microorganism throughout the ocean water column, but elevated concentrations of marine humic substances are not. These observations indicate that not only DOM concentration but also DOM quality strongly influences its microbial utilization and fate in the ocean.



Diversity and Community Composition Selection in Response to Size-Fractionated DOM Effect

The DOM quantity and quality of the water masses in the dark North Atlantic presented noticeable in situ variations in connection to the patterns of microbial (Bacteria and Archaea) communities (Guerrero-Feijóo et al., 2017). This previous evidence leads us to further hypothesize that different size-fractions of DOM will stimulate the growth of specific bacterial groups, which would be in turn linked to changes in the optical indices of the DOM. Our results showed a relatively narrow bacterial phylogenetic diversity in all treatments as compared to the original community, but still the reproducibility of our results across the three replicates per treatment supports the idea that these compositional changes were due to H + L- versus L-DOM effect (Figure 4). Indeed, changes in L- versus H + L-DOM utilization were likely driven by a few taxa within several families of Alpha-, Delta- and Gamma-proteobacteria, Bacteroidia, and Verrucomicrobia. However, the identity of the ASVs within these groups varied between the L- versus the H + L-DOM effect.

At the end of the incubation period, increased rates of leucine incorporation, bacterial abundance and% live cells in the H + L-DOM treatment co-occurred with the enrichment of a few families of Gammaproteobacteria, such as Shewanellaceae, Marinobacteraceae and Vibrionaceae (Figure 3 and Supplementary Table 3). Previous results from experimental incubations (Pinhassi and Berman, 2003; Nelson and Carlson, 2012; Balmonte et al., 2019; Reintjes et al., 2020), support the opportunistic/competitive life style of these Gammaproteobacteria, characterized by fast growth and a broad spectrum of active enzymes (Sebastián et al., 2018; Balmonte et al., 2019) leading to a wide metabolic potential (Lauro et al., 2009; Landa et al., 2013). Many of these copiotrophic bacteria are members of the rare biosphere (Sogin et al., 2006), underlining their potential for responding to sporadically environmental changes in the available organic matter, since they possess genetic repertories that enable a rapid exploitation of this material (Sogin et al., 2006), which could play an important role in environmental selection. For example, our investigation has shown that Colwellia sp. was represented by several ASVs which were unique in the H + L-DOM treatment. This response is not surprising, as Colwellia is regarded as a “boom and bust” specialist (Teira et al., 2008), highly responding to diatom-derived high-molecular-weight organic matter (Landa et al., 2018; Balmonte et al., 2019). Other genera showing unique ASVs in the H + L-DOM niche were Burkholderia sp., Shewanella sp. and Vibrio sp., which have been observed to predominate during bloom events (Allen et al., 2012; Sison-Mangus et al., 2016; Teeling et al., 2016; Bachmann et al., 2018). Besides, these genera were previously found at subsurface waters in our ecosystem area (Montes et al., 2020). We suggest that they could travel from surface associated to sinking particles (Mestre et al., 2018), particularly in the area of our study characterized by seasonal upwelling pulses, which support both the offshore export (Lønborg and Álvarez-Salgado, 2014; Lønborg et al., 2015) and sinking fluxes of organic matter (Teira et al., 2003; Álvarez-Salgado et al., 2006), and where an intense vertical mixing reaches down to the mesopelagic waters (Ruiz-Villarreal et al., 2006). This fact could have relevant consequences, because bacteria inhabiting these systems have the ability to function under extremely variable conditions (e.g., sporadically environmental changes determining the available organic matter), and thus likely play a disproportionately important role in the microbial-mediated cycling of marine nutrients.

A remarkable reproducibility in community composition was also observed among triplicate L-DOM replicates. Shifts in observed ASV richness were greatest with respect to the CONTROL than to H + L-DOM (Table 2), with a lower number of ASVs capable of thriving in the L-DOM niche, although they were distributed in a wider phylogenetic range (Flavobacteriaceae, Rhodobacteraceae, Oceanospirillaceae and Alteromonadaceae). The extent of these community shifts may be likely linked to the specific quality and quantity of the DOM compounds available in L-DOM treatment. As it was already mentioned, the dilution hypothesis could explain the lower reactivity of the DOM in the L-DOM treatment. Our investigation has found that still some taxa, presenting relatively low abundance in the original community, were enriched in the L-DOM treatment. These finding suggest that they are putatively capable of utilizing low-molecular-weight DOM compounds. For instance, Rhodobacteraceae family, which was among the significant prominent responders to L-DOM effect, is a commonly occurring member in natural open-ocean conditions, where labile DOM is scarce (Hansell, 2013). Specific ASVs within the Rhodobacteraceae family, such as Loktanella sp. and some other none identified members, were unique in L-DOM, which is not surprising as Rhodobacteraceae was shown to achieve significantly high turnover rates of low-molecular-weight compounds in the Atlantic waters (Alonso-Sáez et al., 2012). Similarly, AEGEAN 169 marine group (Alphaproteobacteria) was unique in L-DOM, in agreement with the recent findings of Zheng et al. (2020), showing that certain Alphaproteobacteria populations mainly utilized low-molecular-weight DOM due to the presence of specific transport systems for initial degradation of complex compounds. Moreover, some unique ASVs belonging to the genus Oleiphilus showed more than two-fold relative abundance in the L-DOM compared to the H + L-DOM treatment, in agreement with findings indicating that this genera can metabolized low-molecular-weight organic matter, including acetate and few carbohydrates (Sosa et al., 2017). Particularly interesting is the fact that the Order Flavobacteriales, although presenting ASVs in both treatments, displayed a much higher significant enrichment in the L-DOM than in the H + L-DOM niche. For example, some ASVs belonging to the genus Tenacibaculum (ASV6 and ASV9), a component of deep marine bacterial communities (Song et al., 2015), were unique in the L-DOM treatment. Bacteria belonging to Tenacibaculum are assumed to be important in the degradation of polymeric organic matter (Zheng et al., 2020) because of their ability to produce hydrolytic enzymes (Cottrell and Kirchman, 2000; Giovannoni and Rappé, 2000). Similarly, the genus Aurantivirga was associated to L-DOM treatment. Bacteria belonging to this genus were described in the deep ocean as chemoheterotrophic and aerobic bacteria (Song et al., 2015), and were found to be quite abundant during the course of incubations from natural blooms (Reintjes et al., 2020), when the supply of low-molecular-weight products from hydrolysis was larger. These evolving dominances of certain bacterial taxa depending on the different size-fraction incubations may likely imply that different microbial organisms may have diverse capabilities on the decomposition of DOM according to its molecular size.



CONCLUSION

A 6-day incubation experiment of mesopelagic bacteria revealed a strong significant variation in abundance, activity and community composition of bacterial assemblages, along with shifts in the DOM composition, in response to size-fractionated natural DOM. In terms of bulk measurements, communities growing in the H + L-DOM showed an increase in cell number and activity compared to the L-DOM. Several members of Gammaproteobacteria preferentially utilized high-molecular-weight DOM, while some ASVs belonging to Flavobacteriales and Rhodobacterales (Alphaproteobacteria) thrived preferentially in the low-molecular-weight DOM. Specifically, the phylogenetic changes were a result of finely tuned bacterial response to L- versus H + L-DOM at ASV level. Furthermore, community response was accompanied by changes in the DOM composition (based on colored and fluorescent fractions of DOM) which follow microbial degradation. Our study have evidenced that microbial degradation of naturally occurring size-fractioned DOM have stimulated the selective growth of certain bacterial members, implying that different bacterial taxa may have different capabilities on degradation of DOM and thus providing insights into interactions of bacteria and organic matter in mesopelagic marine environments.
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The bioavailability of organic matter (OM) to marine heterotrophic bacterioplankton is determined by both the chemical composition of OM and the microbial community composition. In the current study, changes in OM bioavailability were identified at Ocean Station Papa as part of the 2018 Export Processes in the Ocean from Remote Sensing (EXPORTS) field study. Removal rates of carbon (C) in controlled experiments were significantly correlated with the initial composition of total hydrolyzable amino acids, and C removal rates were high when the amino acid degradation index suggested a more labile composition. Carbon remineralization rates averaged 0.19 ± 0.08 μmol C L–1 d–1 over 6–10 days while bacterial growth efficiencies averaged 31 ± 7%. Amino acid composition and tandem mass spectrometry analysis of compound classes also revealed transformations to a more degraded OM composition during experiments. There was a log2-fold increase in the relative abundances of 16S rDNA-resolved bacterioplankton taxa in most experiments by members of the Methylophilaceae family (OM43 genus) and KI89A order. Additionally, when OM was more bioavailable, relative abundances increased by at least threefold for the classes Bacteroidetes (Flavobacteriaceae NS2b genus), Alphaproteobacteria (Rhodobacteraceae Sulfitobacter genus), and Gammaproteobacteria (Alteromonadales and Ectothiorhodospiraceae orders). Our data suggest that a diverse group of bacterioplankton was responsible for removing organic carbon and altering the OM composition to a more degraded state. Elevated community diversity, as inferred from the Shannon–Wiener H index, may have contributed to relatively high growth efficiencies by the bacterioplankton. The data presented here shed light on the interconnections between OM bioavailability and key bacterioplankton taxa for the degradation of marine OM.

Keywords: dissolved organic matter, 16S rDNA, Ocean Station Papa, bacterial growth efficiency, total hydrolyzable amino acids, LC-MS/MS, organic matter remineralization, alpha diversity


INTRODUCTION

Ocean Station Papa (OSP), located in the subarctic NE Pacific, experiences seasonal cycles in bacterioplankton biomass and productivity (Kirchman et al., 1993; Boyd et al., 1995; Sherry et al., 1999). Both net primary and bacterioplankton production (BP) nearly double at OSP in spring and summer relative to winter (Sherry et al., 1999) despite iron limitation that leads to high-nutrient low-chlorophyll conditions (Martin and Fitzwater, 1988; Boyd and Harrison, 1999; Harrison et al., 1999). BP can represent up to ∼25% of primary production (Sherry et al., 1999), exhibiting the greatest partitioning of primary production into BP in summer months. Such rate comparisons demonstrate that bacterioplankton can comprise a sizable portion of the carbon (C) demand at OSP, though there still remains uncertainty as to the contributions of top–down (predation) vs. bottom–up (organic matter supply) controls on BP (Kirchman et al., 1993; Doherty, 1995; Sherry et al., 1999).

Bacterioplankton are limited to utilizing low molecular weight (LMW) (<600 Da; Weiss et al., 1991) dissolved organic matter (DOM) and so must hydrolyze high molecular weight or particulate organic matter to LMW compounds to consume it (Amon and Benner, 1994; Arnosti et al., 2005; Arnosti, 2011). At OSP, short-term radiotracer-based experiments (conducted over hours) demonstrated that bacteria were primarily limited by the supply of DOM, particularly as dissolved amino acids (Kirchman et al., 1989, 1993; Kirchman, 1990; Sherry et al., 1999). Bacteria found in other domains also exhibit enhanced growth and growth efficiencies when grown on amino acids compared with other substrates like sugars (Russell and Cook, 1995), illustrating the importance of this LMW DOM substrate for bacterioplankton growth. Although bacterial dynamics were established decades prior, the seasonal dynamics of dissolved organic carbon (DOC) concentrations at OSP were only recently put into the global context (Bif and Hansell, 2019; Lopez et al., 2020). DOC concentrations exhibit elevated concentrations in surface waters during summer months then decrease in winter, providing further evidence of the link between the supply of DOM and elevated bacterial growth in summer at OSP.

While seasonal heterotrophic bacterial production data based on 3H-Leucine incorporation rates at OSP have identified a link between primary and bacteria production (Kirchman et al., 1993; Sherry et al., 1999), long-term (spanning days to weeks to months) DOM remineralization experiments have not yet been conducted in the NE Pacific. The original design for such experiments consisted of inoculating a 0.6 μm pre-filtered natural assemblage of bacteria into 0.2 μm-filtered water at a 50–70% dilution to reduce the effects of bacterivory and to assess bacterial community changes solely due to growth on DOM (Ammerman et al., 1984). These experiments have since been modified and conducted over timescales of days to weeks to months to quantify the fate of accumulated DOM (Carlson and Hansell, 2015). In addition to quantifying the removal rates of DOM (i.e., DOM bioavailability) and the growth of bacterioplankton to derive bacterial growth efficiencies (BGEs) (Carlson and Ducklow, 1996), these experiments can be used as platforms to assess the transformation of DOM composition as well as concomitant shifts in bacterioplankton community structure (Wear et al., 2015; Liu et al., 2020).

The current study presents data from OM remineralization experiments in order to (1) estimate the rates of organic C removal; (2) characterize the initial OM composition and subsequent changes associated with OM removal; (3) estimate bacterial growth dynamics and associated growth efficiencies for various depths; and (4) identify bacterial community composition changes associated with varying OM consumption. The experiments presented here found that, surprisingly, despite a stable water column, the rates of C remineralization were variable over the 3-week cruise period and across depths. Overall, surface water OM bioavailability increased as the initial composition of the OM was more labile, as inferred from the composition of amino acids. High OM bioavailability was associated with increased relative abundances of specific bacterioplankton taxa. Shifts toward a more diverse bacterioplankton community were observed in most experiments, and greater increases in diversity were associated with a more degraded OM signature with incubation time. Data also highlight specific bacterial taxa and community diversity associated with the utilization of accumulated C at OSP.



MATERIALS AND METHODS


Study Region

This study was conducted as part of the Export Processes in the Ocean from Remote Sensing (EXPORTS) program aboard the R/V Roger Revelle cruise RR1813 (operating in a Lagrangian framework) near OSP (50.1°N, 144.9°W) between August 15 and September 7, 2018. A Lagrangian float tracked a coherent mesoscale feature over three 8-day intervals. At the time of sampling, the surface waters had a mixed layer depth of ∼30 m and temperatures were ∼14°C between 5 and 30 m (Supplementary Figure 1), decreasing to ∼8.5°C at 50 m and ∼6°C at 95 m (McNair and Menden-Deuer, 2020). The mean 1 and 0.1% photosynthetically active radiation depths were 78 ± 6 m and ∼110 m, respectively (McNair and Menden-Deuer, 2020). Data for the current study can be found at http://dx.doi.org/10.5067/SeaBASS/EXPORTS/DATA001 (Werdell et al., 2003).



Remineralization Experiments


Experimental Setup

Seawater for the experiments was collected from 5, 35, 50, and 95 m depths. Water was gravity-filtered from Niskin bottles through in-line 142 mm pre-flushed 0.2 (Millipore Sigma GSWP14250) or 3.0 μm (Millipore Sigma SSWP14250) mixed cellulose ester filters into acid-washed polycarbonate carboys after rinsing with seawater 3 times. Incubation types included: (1) 3.0 μm filtrate “undiluted” experiments, and (2) “diluted” experiments, in which 3.0 μm-filtered inoculum was diluted by 70% with 0.2 μm filtrate collected from the same depth (i.e., 70% < 0.2 μm: 30% < 3.0 μm). As such, the bulk organic carbon measured in all samples collected from diluted and undiluted experiments presented in this study was at least < 3.0 μm.

The high temperature combustion method (see below) and associated error was not able to differentiate between the organic carbon concentrations measured in the <0.2 μm and <3.0 μm filtrates (Supplementary Figure 2), though we recognize the potential contribution of colloidal and gel-like organic materials between 0.2 and 3.0 μm in addition to bacterial carbon. To minimize handling error, samples for OM were not re-filtered at each time point, but rather we subtracted the contribution of bacterial carbon. Thus, the measured organic carbon concentration corrected for bacterial biomass is termed “DOC∗”.

After filtration and mixing, water for the experiments was gently poured into replicate 5 L polycarbonate bottles (‘Biotainer,’ ThermoFisher) and incubated in the dark at the in situ temperature (± 3°C) of inoculum source water (14°C for 5 and 35 m, and 6°C for 50 and 95 m samples) in an Isotemp incubator (Thermofisher, model 3720A). The caps of the 5 L Biotainers were outfitted with bulkhead fittings that allowed the headspace to be pressurized at the time of sampling (∼3.4 psi) by air from an aquarium pump (Fluval Q2, model A852) after passing a charcoal (Restek, model 22013) and air filter (Pall Vacushield, model 4402). The applied pressure positively displaced water from the carboy through a Teflon tube that extended from the bottom of the Biotainers, then through the cap to a sampling tube with an open Luer lock fitting. In-line filter cartridges were attached to the Luer lock fitting when further sample filtration was necessary; see Liu et al. (2020) for results from a similar experimental design.

After filling the 5 L Biotainers with experimental water, a subset of the mixed experimental water was displaced into 24 pre-combusted (450°C) 40 mL borosilicate replicate vials (sample-rinsed 3 times ea.) that served as parallel incubations (referred to as “parallel vials”); these were placed next to the Biotainers in the same incubator. The parallel vial incubations were conducted in order to (1) extend the monitoring of experiments beyond the cruise duration; (2) to minimize handling for DOC∗ samples; (3) minimize use of waters in the Biotainers, thus minimizing changes in their surface area:volume ratio due to the required removal from those of liters of sample for DNA and bacterial biomass sampling at the T0 and onset of stationary growth phase. Triplicate samples for DOC∗ and single samples for bacterial biomass (BB) were collected from the 5 L Biotainers and 3 replicate sacrificed parallel incubation vials at different time intervals during incubations (Table 1). The measured bacterioplankton response in the parallel vials agreed to within 5% of that observed in the 5 L Biotainers, indicating little difference due to unequal experiment volumes (Supplementary Figure 3).


TABLE 1. Example sampling frequency schedule from the OM remineralization experiments.
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Growth curves, based on changes in bacterioplankton abundance (see below), were generated for each experiment. Stationary growth phase was identified as that period demonstrating no cell growth with time. At stationary phase, water was collected (see below) for the extraction of DNA and DOM. The 5 L Biotainer experiments were terminated at stationary phase while still aboard the research vessel; the parallel vial incubations, continued past stationary phase, were shipped to the University of California, Santa Barbara (UCSB) overnight following the cruise, placed in incubators and monitored for up to ∼90 days after initiation of the experiment.



Bacterioplankton Abundances and Sizes

Change in bacterioplankton abundance in the experiments was monitored daily using a shipboard flow cytometer (Guava, Millipore). Samples were fixed with 1% (final concentration) paraformaldehyde, stained with SYBR Green I dye (ThermoFisher) and quantified daily following procedures detailed in Gasol and Morán (2015). Post-cruise cell abundance samples were validated with epifluorescence microscopy and image analysis at UCSB. Samples for microscopy were collected into sterile centrifuge tubes (Corning) and fixed with 0.2 μm filtered formalin at 1% of the final volume in the sample. The samples were stained with 5 μg mL–1 4′,6-diamidino-2-phenylindole dihydrochloride (DAPI, Sigma-Aldrich; Porter and Feig, 1980), then enumerated and sized via epifluorescence microscopy using a Revolve microscope (Discover Echo Inc.) with a 60x objective and ImageJ image analysis software. ImageJ code can be accessed at https://seabass.gsfc.nasa.gov/archive/UCSB/carlson/EXPORTS/EXPORTSNP/documents.

Briefly, cells were identified and sized using Gaussian blur (sigma of 10) background suppression, contrast enhancement (∼15%) and an Otsu-based thresholding algorithm (Otsu, 1979). Cell sizes were calibrated using standard fluorescent beads (Thermofisher; sized 0.1, 0.2, 0.5, 1.0, and 4.0 μm in diameter); maximum and minimum cell dimensions determined cell biovolumes. Mean cell biovolumes for each image were estimated using an R script that calculated biovolumes based either on an assumed spherical diameter:
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when the ratio of maximum to minimum dimensions was <1.5, or on an assumed rod:
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where r = radius of the cell and h = maximum dimension – minimum dimension (Baldwin and Bankston, 1988). This method cannot differentiate between bacteria and archaea; thus, the combined groups are referred to here as bacterioplankton, with abundances converted to carbon biomass as detailed below.



Bacterioplankton Biomass (BB)

A 1 L water sample, collected at the initial and stationary-growth phases, was concentrated on pre-combusted GF/75 filters (0.3 μm nominal pore-size and 25 mm diameter, Cole Parmer) double-stacked within an acid washed 25 mm polypropylene filter cartridge. Filters were saved in individual pre-combusted glass vials for elemental carbon and nitrogen quantification at Bigelow Laboratories for Ocean Sciences using a Costech ECS 4010 elemental analyzer (980°C combustion temperature) (James et al., 2017). Both top and bottom filters were used to estimate cell carbon. This mass was blank-corrected by passing 30 kDa tangential filtrate through double-stacked GF/75 filters. The particle free 30 kDa filtrate represented DOM sorption to the active sites on the GF/75 filters and was an average of 5.3 ± 1.3 μg C L–1. The GF/75 blank was similar to the carbon collected on the bottom GF/75 filters after filtering experiment samples (5.1 ± 1.7 μg C L–1) and remained relatively constant despite varying initial DOC concentration from different depths. Cell abundances of unfiltered water and GF/75 filtrate showed that an average of 78.3 ± 9% cells was retained by GF/75 for initial and stationary growth phases. BB was determined using the cell carbon relationship such that carbon per cell (fg C cell–1) = 91.71∗(cell biovolume in μm3)0.686 (Supplementary Figure 4).



Organic Carbon

Three borosilicate vials were sacrificed and fixed per time point by adding 50 μl DOC-free 4N HCl to 35 ml samples (final pH < 3). Upon returning to UCSB, samples were stored at ∼14°C in an environmental chamber free of volatile organics until analysis. Organic carbon concentrations were analyzed on modified Shimadzu TOC-V or TOC-L analyzers following Carlson et al. (2010). Concentrations were quantified using glucose standard solutions with UV-irradiated Nanopure (low carbon) water. All samples were systematically referenced against surface (5 m) and deep (3000 m) Pacific seawater that were calibrated against consensus reference material (Hansell SSR Lot#08-18) and run every 6 – 8 samples and blank corrected with values derived from UV-irradiated Nanopure water (Hansell and Carlson, 1998). Typical run sizes were kept under 35 samples to reduce salt accumulation and instrument drift. The precision of the Shimadzu analyzers for surface samples was within 0.7 μM C on average for the EXPORTS dataset reported here. Bacterioplankton biomass (above) was subtracted from each time point’s measure of organic carbon to derive DOC∗.



Bacterial Growth Efficiency (BGE)

Coupling changes in bacterioplankton biomass production rates with statistically significant short-term DOC∗ removal rates (i.e., 6–10 days) allowed us to constrain BGE values in diluted and undiluted experiments. BGE was estimated, similar in form to Carlson and Ducklow (1996), using the following formulation:
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where BP represents the net BP rate determine from the model I linear regression of BB vs. time from T0 to stationary phase and DOC∗ removal rate is determined by the model I linear regression of DOC∗ vs. time from T0 to stationary phase. We only report BGEs when the change in DOC∗ between T0 and stationary phase exceeded twice the mean instrumental uncertainty (2x of 0.7 μmol C L–1 = 1.4 μmol C L–1) and when the combined linear regression models of BP and DOC∗ removal rate were statistically significant (two-tailed t-tests p < 0.05).



Total Hydrolyzable Amino Acids

Samples for total hydrolyzable amino acid (THAA) analysis were taken from acidified parallel vials. Preliminary tests showed no significant difference in THAA mol% composition between samples stored frozen vs. stored at 14°C at a pH of ∼3. THAA analysis was modified from a combination of previously published studies (Lindroth and Mopper, 1979; Henrichs, 1991; Cowie and Hedges, 1994; Kaiser and Benner, 2009; Liu et al., 2020). Samples, UV-irradiated Nanopure blanks (Thermo Scientific), and Sargasso Sea reference water (1 m water collected in 2018 and stored frozen) were sealed in ampoules under nitrogen and hydrolyzed using 6N HCl (Optima grade) at 110°C for 20 h. Hydrolyzed samples were neutralized via evaporation and detected by a Dionex RF2000 Fluorescence Detector (Ex = 330 nm, Em = 418 nm) after automated addition of o-phthalaldehyde (OPA) within a Dionex autosampler at 10°C.

A Dionex Acclaim 120, C18 (5 μm, 120 A, 4.6 × 250 mm) column, with a guard column, separated amino acids (AAs) using a gradient modified from prior studies highlighted above. Briefly, the gradient began with 77% sodium acetate (50 mmol L–1, pH 5.7) and 23% methanol, then shifted to 29% methanol at 4 min, 44% methanol at 20 min, 60% methanol at 33 min, 77% methanol at 48 min and 100% methanol at 53 min. Eighteen amino acids were detected, with integrated peaks calibrated using a set of standards at four concentrations (5–250 nmol L−1 for each AA). THAA concentrations were used to calculate the degradation index (DI) score (Dauwe et al., 1999; Kaiser and Benner, 2009; Liu et al., 2020) and the combined mol% of the non-protein amino acids gamma-aminobutyric acid (GABA) and beta-alanine (B-Ala) (Cowie and Hedges, 1994; Dauwe and Middelburg, 1998; Amon et al., 2001).



PPL Solid-Phase Extraction and LC-MS/MS Analysis of DOM

Dissolved organic matter from 1 L of 0.2 μm Sterivex-filtrate (Sterivex filter used for DNA collection as noted below), collected at initial and stationary phases, was acidified to ∼pH 2 (ACS grade HCl) for isolation via solid-phase extraction using Priority PolLutant (PPL) cartridges (1 g Bond Elut, Agilent) according to Petras et al. (2017). The cartridges were prepared by adding 3 bed volumes of 100% methanol (LC-MS grade) and the residual methanol displaced by nitrogen gas. Samples were then passed through the cartridges at ∼13 mL min–1. Residual seawater was similarly pushed out of the cartridges and the cartridge stored at −80°C until further processing at UCSB. The PPL cartridges that contained sample were completely dried using high purity grade nitrogen. DOM was then eluted with an addition of 2 bed volumes (∼6 mL) of 100% methanol (LC-MS grade). Extracts were dried using high purity grade nitrogen and resuspended in 6 mL of LC-MS grade methanol.

Analysis of PPL-extracted DOM was performed by liquid chromatography-tandem mass spectrometry (LC-MS/MS) with an ultra-high-performance liquid chromatograph (UHPLC) coupled to a Q-Exactive orbitrap mass spectrometer (Thermo Fisher Scientific, Bremen, Germany) following Petras et al. (2017). The relative abundances of MS1 features > 3x process blank peak heights were determined for each sample and converted to z-scores (see below). Process blanks were generated in a similar manner as for samples; 1 L of LC-MS grade water was first filtered through a Sterivex cartridge then acidified to pH 2 and finally passed through the PPL cartridge.

Z-scores for each molecular feature were determined by taking the relative abundance of a feature in a sample minus average relative abundance of that feature across all samples and then dividing by the standard deviation of that feature across all samples. A decrease in LC-MS/MS peak area z-scores indicated a decrease in the abundance of those compounds with time. The spectra were submitted to Ion-Identity Molecular Networking (Schmid et al., 2020) in Global Natural Product Social Molecular Networking (GNPS) site to create a molecular network and were then searched against GNPS spectral libraries and National Institute of Standards and Technology Library 17. The approach described here considers the annotated features to be ‘putative’ identifications that have not yet been verified by reference standards, but are based on spectral similarity to data from public or commercial libraries (Sumner et al., 2007; Longnecker et al., 2015; Longnecker and Kujawinski, 2017). Using library and analog matches, we categorized the molecular features within molecular networks (Aron et al., 2020) into six broad compound classes. Compound classes are based on International Chemical Identifiers of known library and analog matches in Classyfire (Djoumbou-Feunang et al., 2016). Further LC-MS/MS methods details can be found in Supplementary Text 1.



16S rDNA Amplicon Sequencing

At initial and stationary phases, 1 L of sample was concentrated on 0.2 μm polyethersulfone filter cartridges (Sterivex-GP, Millipore) then stored at −80°C according to Liu et al. (2020). One mL of sucrose lysis buffer (40 mmol L–1 EDTA, 50 mmol L–1 Tris-HCl, 750 mmol L–1 sucrose, 400 mmol L–1 NaCl, pH adjusted to 8) was immediately added to the filters after filtration. DNA was extracted from filters using phenol:isoamyl alcohol:chloroform (PIC, in 25:1:24 ratios) following Giovannoni et al. (1996). Extracted DNA concentrations were quantified on a Qubit 4 Fluorometer (ThermoFisher Scientific) after resuspending pellets in 20 μL of polymerase chain reactions (PCR)-grade water. DNA concentrations across all depths ranged 2–230 ng μL–1 (mean 49 ± 42), compared with a PCR water process blank of 0.1 ng μL–1.

The 16S rRNA gene was amplified in 25 μl PCR reactions using the V4 primers (515F-Y and 806RB, Apprill et al., 2015; Parada et al., 2016) and a Bio-Rad Tetrad 2 thermal cycler following the Robust HotStart ReadyMix protocols (KAPA, Roche). PCR reactions were cycled for 3 min at 95°C; 30 cycles of 30 s at 95°C, 30 s at 57°C, and 1 min at 72°C; and 10 min at 72°C. Reactions were cycled in PCR-grade blank water and two mock communities were included with each 96-well plate of samples as quality control checks (BEI Resources mock communities HM-782D and HM-783D and a custom mock community from the Santa Barbara Channel; Wear et al., 2018). Amplified samples were sequenced on an Illumina MiSeq and demultiplexed at UC Davis’ Genome Center.

Amplicon sequencing reads were trimmed and assigned to taxonomies based on a DADA2 pipeline (Callahan et al., 2016) using matches to the SILVA SSU/LSU 132 database (accessed in December of 2019). After plastid sequences (e.g., chloroplasts and mitochondrial) were removed, samples had read depths ranging 10,951–44,686 reads (average of 18,940 ± 7,010) and resulted in 492 unique amplicon sequence variants (ASVs) across the 21 16S rDNA samples. A phylogenetic tree was created using the RAxML (v8.2.10) program (Stamatakis, 2014) running 100 bootstraps on a nucleotide GTRGAMMA model of rate heterogeneity. For later use in generating UniFrac distance matrices (Lozupone and Knight, 2005), the phylogenetic tree associated with non-rarefied relative abundances was used to create a ‘phyloseq’ (v1.32.0) object (McMurdie and Holmes, 2013, 2014). The phyloseq object was then used in non-metric multidimensional scaling (nMDS) ordination analysis based on weighted UniFrac distances and was used in estimating alpha diversity metrics.




Statistical Analyses

All statistical tests were considered significant at the p < 0.05 level, and all results are ± standard deviations, unless otherwise stated. The Shapiro–Wilk test (Shapiro and Wilk, 1965) determined if data were normally distributed, indicating whether to use non-parametric-based statistics to evaluate for significance within or between datasets. For normal distributions, a two-sample t-test was used and for non-normal distributions a Mann–Whitney test (Mann and Whitney, 1947) was used to compare whether given samples were statistically different. As noted above, BP and DOC∗ removal rate were best fit with linear regression models and the significance of BGEs determined using the combined model errors. The combined error for the BGE values was estimated using the following formulation:
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The similarity among 16S rDNA samples was compared at both initial and stationary growth phases using all ASVs. Stationary growth phase samples were organized into groups of phylogenetically similar clusters using the phyloseq-generated weighted UniFrac distance matrix in a similarity profile (SIMPROF) analysis (p > 0.01; Primer v6; Clarke et al., 2008). Group significance was determined by permutational multivariate analysis of variance (PERMANOVA) using the ‘adonis’ function in R within the ‘vegan’ package (v2.5-6) with pairwise analysis at 9,999 permutations (Legendre and Andersson, 1999; Oksanen et al., 2015). Unique ‘indicator’ species to each initial and stationary phase were identified based on multi-pattern analysis using the ‘multipatt’ function in R within the ‘indicspecies’ package (v1.7.8) (Dufrêne and Legendre, 1997; De Cáceres and Legendre, 2009). The point biserial correlation coefficient function (‘r.g’ option) and 9,999 permutations of the statistical test identified unique ASVs to the groups of phylogenetically similar samples.

Shannon–Wiener H index values and their associated errors were estimated using PAST software (v4.03). Values and trends in the H index did not differ significantly between rarified and non-rarified sample sets, suggesting little effects of variable sampling effort on alpha diversity indices (Lande, 1996); as such, diversity values will be presented on non-rarified datasets. The significance in the Shannon index between two samples was tested in PAST software based on Hutcheson’s t-test (Hutcheson, 1970). The DivNet package in R was also used to test for significant differences in Shannon indices across depths and growth phases among all samples, while accounting for unobserved species (Willis, 2019).




RESULTS


Experimental Dynamics of Bacterioplankton, DOC and Growth Efficiencies

Bacterioplankton – BB in diluted experiments (70% < 0.2 μm:30% < 3.0 μm) from surface water (5 m) began to increase within 1–2 days after initiation and reached stationary growth phase within 6–10 days, increasing by an average BB of 0.7 ± 0.2 μmol C L–1 by stationary phase (Figure 1A and Table 2). The BP rate in surface experiments averaged 0.9 ± 0.4 μmol C L–1 d–1 but was significantly elevated (two-tailed t-test, p < 0.05) in the Aug. 15 experiment. The subsurface experiments conducted at 35, 50, and 95 m reached stationary phase within 9–10 days (Figure 1B). The mean BP rates among the subsurface experiments (0.04 ± 0.02 μmol C L–1 d–1) were significantly (two-sampled t-test, p = 0.004, df = 14) lower than the surface mean (Table 2).
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FIGURE 1. Temporal changes for “diluted” OM remineralization experiment bacterioplankton biomass (A,B) and [DOC*] (C,D). “Surface” (A,C) refer to experiments conducted from 5 m and “subsurface” (B,D) refers to experiments conducted at 35, 50, and 95 m. DOC* denotes that concentrations were corrected for bacterioplankton carbon but contain an unconstrained contribution of C < 3.0 μm. Incubation start dates are given.



TABLE 2. OM remineralization experiment variables: DOC*, DOC* removal rate, bacterioplankton biomass production rate and bacterioplankton growth efficiency.
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Undiluted experiments (<3.0 μm filtrate only) were also conducted from the same initial water as for diluted experiments but samples were only collected for BB, DOC∗ and THAA analyses. Estimates of mean BP rates for all surface diluted and undiluted experiments were statistically indistinguishable (two-sample t-test, p = 0.54), with pooled means of 0.08 ± 0.03 and 0.10 ± 0.06 μmol C L–1 d–1, respectively (Table 2 and Supplementary Figure 5). However, the undiluted experiments had an earlier and more pronounced decline in BB after reaching stationary growth phase compared with a more stable BB stationary phase in the diluted experiments. Both designs included viruses; thus, we interpret the enhanced death phase in the undiluted experiments to be a result of grazing pressure.

DOC∗ Concentrations – Initial [DOC∗] for the surface diluted experiments ranged between 57.7 ± 0.4 and 59.8 ± 0.6 μmol C L–1 (Table 2). Mean short-term DOC∗ removal rates were significantly (p < 0.05) modeled for the Aug. 28 and Aug. 31 experiments, averaging 0.18 ± 0.01 μmol C L–1 d–1 (n = 2). After ∼90 days of incubation, the final [DOC∗] in surface experiments ranged from 55.0 ± 0.4 to 57.0 ± 0.5 μmol C L–1 (Table 2). Among the subsurface experiments, a significant short-term DOC∗ removal rate of 0.10 ± 0.02 μmol C L–1 d–1 was only resolvable in the 50 m Aug. 15 diluted experiment. Mean short- and long-term DOC∗ removal rates in the undiluted experiments averaged 0.24 ± 0.09 (n = 4) and 0.03 ± 0.01 μmol C L–1 d–1, respectively; these rates were not statistically different from diluted experiments (two-tailed t-test p = 0.54 and p = 0.57, respectively). Most undiluted subsurface experiments (except at 35 m) exhibited detectable DOC∗ removal, with a mean short-term DOC∗ removal rate of 0.16 ± 0.04 μmol C L–1 d–1 (Table 2).

Bacterial Growth Efficiencies – BGE values were determined by dividing the rate of bacterial production (T0 to stationary) by DOC∗ removal rates (eq. 3). Mean surface (5 m) BGEs in diluted and undiluted experiments were an essentially identical 32 ± 8% and 32 ± 9%, respectively. Subsurface experiment BGE values determined using the EXPORTS cell carbon relationship ranged from 19 ± 8% to 35 ± 10% (mean of 28 ± 7%; Table 2).



THAA Composition

Total hydrolyzable amino acid, expressed in C units, averaged 1.45 ± 0.46 μmol C L–1 at T0 across all experiments (Figure 2A and Supplementary Table 1). Only the Aug. 31 experiment was initiated with a THAA concentration (in C units) that was significantly (two-tailed t-test, p < 0.05) elevated compared to other experiments. THAA C decreased by the final time points in 5 out of the 11 experiments, with an average decrease of 0.65 ± 0.26 μmol C L–1. The decrease in THAA C represented 33 ± 11% of the [DOC∗] decrease (Figure 2A). A relative decrease in the THAA-based degradation index (DI) and a relative increase in mol% GABA + B-Ala over the incubation period indicated that OM was diagenetically altered to a more degraded state (Cowie and Hedges, 1994; Dauwe and Middelburg, 1998; Davis et al., 2009).
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FIGURE 2. OM remineralization experiment changes in total hydrolyzable amino acid (THAA) C (A), the degradation index score (B), and mol% GABA + B-Ala (C) between initial (0 day), stationary phase (6–10 days) and final time points (∼90 days). The x-axis indicates the experiment initiation date and those beginning with a “U” refer to undiluted experiments (all others are 70% dilutions). The * and ¥ above the bars identify treatments that exhibited a statistically significant (two-tailed t-test p < 0.05) shift to a more or less diagenetically altered OM composition, respectively. Error bars refer to propagated standard errors. Dashed vertical line differentiates surface from subsurface experiments.


The mol% GABA + B-Ala was initiated with a significantly reduced diagenetic alteration (two-tailed t-test, p < 0.05) in the Aug. 28 and Aug. 31 experiments, indicating that the OM initial condition was “fresher” compared with other experiments. Comparing the three subsurface experiments, the mol% GABA + B-Ala indicated that the OM was fresher and became significantly altered in the 50 m experiment begun on Aug. 15. Among the surface and subsurface OM remineralization experiments, the DI and mol% GABA + B-Ala values indicated that OM became significantly (two-tailed t-test p < 0.05) diagenetically altered with time of incubation in 9 of 11 total experiments (denoted with asterisks above the bars in Figures 2B,C).



LC-MS/MS

Approximately 1,831 unique molecular features that had an MS/MS spectrum assigned were identified (that were not present in either the processing or instrument blanks) by LC-MS/MS in the PPL-extracted samples. Peaks for all samples were aligned using MZmine (Supplementary Text 1), thereby reducing mass error and improving confirmation of spectral information (Merder et al., 2020). Based on a comparison of fragmentation patterns from aligned spectra in the EXPORTS dataset to that of publicly available MS repositories, 151 unique features matched compounds to an MS library within <0.01 Da mass offset, and an additional 244 library analogs were detected with a mass difference of <50 Da (Supplementary Table 2).

The z-scores of LC-MS/MS aligned peak areas determined for initial and stationary phase samples were used to evaluate the change in amino acid-like and other compound classes (Figures 3A,B). The mean z-scores of AA-like compounds decreased significantly (p < 0.05) in all experiments except for the one initiated on Aug. 23 (Figure 3A). The Aug. 28 experiment had the highest initial z-scores and showed the greatest z-score change in MS1 peak areas from initiation (Figure 3A). Roughly half of the compounds initially abundant in the experiments were classified either as amino acid-like or terpenoid-like out of six compound classes. A decrease in z-scores for the assigned classes (excluding the Aug. 23 experiment) suggests that a range of compound class types (i.e., amino acids, lipids, steroids, terpenoids) was reduced or altered by stationary growth phase in most surface experiments.
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FIGURE 3. Z-scored peak areas of amino acid-like compounds (n = 21) in surface experiments determined by LC-MS/MS, where dates on the x-axis refer to the experiment start date and sample depth (A). Mean z-score changes by 6 molecular feature classes initially abundant in surface experiments (n = 85), excluding the 8/23 experiment (B). Error bars represent standard errors, and the * above the bars refers to a significant (two-tailed t-test, p < 0.05) decrease between initial and stationary phase. A z-score change of –1.0 refers to one standard deviation decrease.




16S rDNA Community Composition

The 16S DNA amplicons for the initial condition of surface experiments were dominated by the Alphaproteobacteria SAR11 Clades Ia, II, and IV (combined relative abundances of 37–50%), with minor contributions by the Gammaproteobacteria SAR86 (12–19%) and the Bacteroidetes Flavobacteriaceae NS4, NS5, and NS2b (7–12%; Figure 4). The 50 m sample collected on Aug. 28 contained elevated contributions of Synechococcus CC9902 (9.1%) and the Gammaproteobacteria Thioglobaceae family SUP05 Clade (6%). The 95 m sample was initially elevated in the Thaumarchaeota genus Candidatus Nitrosopumilus (22%) and had other unique contributions by the Deltaproteobacteria SAR324 Clade (3%) and the Chloroflexi SAR202 Clade (2%).


[image: image]

FIGURE 4. Stacked bar plot of top 50 most abundant genera determined on 16S rDNA amplicons as observed at the initial condition of the OM remineralization experiments. Both family and genus level names are included in the legend, where available.


nMDS analysis of the 16S amplicons ordinated the communities by growth phase in both surface and subsurface experiments (Figures 5A,B). Both surface and subsurface experiments transitioned to significantly different communities (PERMANOVA for surface R2 = 0.384, p = 0.009) by stationary growth phase (Figure 5A). By stationary phase, the bacterioplankton formed three main groups (SIMPROF p > 0.01), where the Aug. 23 experiment did not group with any other stationary phase surface experiment (Figure 5A). Among the 35 and 50 m samples, the 50 m Aug. 28 experiment exhibited a significantly unique stationary phase relative to the other samples (Figure 5A).
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FIGURE 5. Non-metric multidimensional scaling (nMDS) ordination plots of the 16S rDNA amplicon sequence variants for the surface (A) and subsurface (B) OM remineralization experiments between initial and stationary growth phase. Circles around stationary phase samples identify those samples that grouped significantly (p > 0.01) based on SIMPROF analysis (Clarke et al., 2008); the dotted arrow illustrates the general trend between initial and stationary growth phases toward the positive nMDS1 region. Note that the 95 m communities, though available, were not included in the subsurface figure as it would have obfuscated initial/stationary trends shown for other depths.


The Shannon–Wiener H index increased significantly (Hutcheson’s t-test, p < 0.01) between initial and stationary growth phases in five out of nine experiments (Table 3), and H index values also increased significantly (p < 0.05) as a function of depth (Willis, 2019). The H index values ranged 3.2–3.9 (Table 3). Among the 5 m experiments, the greatest changes were observed in the Aug. 18 experiment, exhibiting an 11% decrease in the H Index and an 11% increase in the Aug. 23 experiment.


TABLE 3. Shannon–Wiener H Index, ±95% confidence intervals.
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Across all surface and subsurface experiments, 100 ASVs accounted for an average of 96.0 ± 4.3% (range of 84.0–99.1%) of the total relative abundance of ASVs (Figure 6). Many of the most abundant ASVs (up to the top 13 ASVs, predominantly the Alphaproteobacteria SAR11 and Gammaproteobacteria SAR86) did not exhibit significant log2-fold increases between initial and stationary growth phases and comprised an average of more than 60% of the total surface relative abundances (Figure 6B). Though lower in relative abundances, 54 of the 100 most abundant ASVs exceeded a log2-fold increase of 1.58 (equivalent to a threefold difference; Wear et al., 2018). The red colors in the heatmap in Figure 6A identify log2-fold increases and indicate growth of that ASV by stationary growth phase. Blue colors identify a log2-fold decreases and ASV displacement but by mechanisms that are more difficult to infer; for instance, a negative log2-fold change could signify that either ASV populations remain the same while others grow, or it could represent a preferential loss of those ASVs.
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FIGURE 6. Log2-fold change heatmap of the 100 most frequent ASVs in the OM remineralization experiments (A) and the associated relative abundances (B). The x-axis in (A) refers to the date of experiment initiation and the appended number in the sample names refers to duplicate treatment values, where available. ASVs highlighted in yellow on the y-axis identify those that were significantly (p < 0.05) elevated and determined to be indicators in surface experiments (De Cáceres and Legendre, 2009). Each dot in (B) represents the abundances associated with the samples presented in (A); red dots identify ASVs with log2-fold change > 1.58 (equivalent to a threefold difference) and blue dots refer to all other samples.


Multi-pattern analysis identified 13 ASVs that were significantly unique (p < 0.05) in surface stationary phase samples compared with the initial composition (highlighted yellow in Figure 6A; Dufrêne and Legendre, 1997; De Cáceres and Legendre, 2009). Significantly unique responding ASVs were associated with the Methylophilaceae Clade OM43, the NS4, NS2b and Tenacibaculum genera of the Flavobacteriaceae family, Cellvibrionales Porticoccus, members of an unclassified genera and the Amylibacter genera of the Rhodobacteraceae family, the SAR116 family of the Puniceispirillales order, and an unclassified Ectothiorhodospiraceae genus (among others highlighted in Figure 6A). Other taxa that exhibited pronounced but variable responses included those associated with the Marinobacter genus of the Alteromonadales order and the Sulfitobacter genus of the Rhodobacteraceae family. Of the ASVs significantly unique to stationary phase, an ASV associated with the Methylophilaceae Clade OM43 exhibited a significant increase (p < 0.05) in experiments from both surface and subsurface depths. Taxa increasing only in the 95 m experiment included those within family Methylophagaceae of the Nitrosococcales order, a member of the AEGEAN-169 family and the Marinimicrobia Clade SAR406.




DISCUSSION

The microbe-molecule interaction is one of the most fundamental reactions within the global carbon cycle (Kujawinski, 2011). DOM remineralization experiments assess interactions between natural bacterial assemblages and bulk DOM, with dilution experiments releasing bacteria from top-down mortality associated with bacterivory (Ammerman et al., 1984; Carlson and Hansell, 2015). Results from DOM remineralization experiments can also ultimately be used to expand the utility of field measurements; for instance, the derived growth efficiencies can be applied to proxies of BP (i.e., 3H-Leu incorporation rates) to estimate bacterial carbon demand (BCD). Previously applied to OSP, a combination of BP and derived BGEs demonstrated that BCD can, at certain times of the year, exceed rates of primary production (Kirchman et al., 1993; Sherry et al., 1999). Thus, experiments of BP at OSP have demonstrated the significant contribution of bacterioplankton to C cycling.

The OM remineralization experiments conducted at OSP for 5, 35, 50, and 95 m depths estimated an average short-term DOC∗ removal rate of 0.19 ± 0.08 μmol C L–1 d–1 (Table 2). Mean removal rates reflect those inferred for a broad class of labile DOM compounds remineralized by marine heterotrophic microbes (Carlson and Ducklow, 1995; Hansell, 2013; Carlson and Hansell, 2015). Average initial [DOC∗] values for diluted surface OM remineralization experiments were 58.5 ± 1.0 μmol C L–1 and after 90 days [DOC∗] reached a minimum of 55.0 ± 0.4 μmol C L–1. Measured minimum [DOC∗] were reflective of previously detected minimum surface [DOC] measured during winter at OSP (Bif and Hansell, 2019). Despite a relatively low variability in initial [DOC∗], short-term remineralization rates had a significant direct correlation with initial [DOC∗] (R2 = 0.97; p = 0.0026; Table 2). Additionally, the lowest final [DOC∗] was associated with highest initial [DOC∗] and elevated short-term DOC∗ removal rate (Aug. 31 in Table 2), suggesting that additions to the DOM pool had a priming effect that ultimately led to enhanced removal of surface accumulated DOC (Carlson et al., 2002; Guenet et al., 2010).


Elevated Bacterial Growth Efficiencies Detected at OSP

Bacterial growth efficiencies from all depths and experiments ranged 19 ± 8% to 45 ± 13% with a mean of 31 ± 9% (Table 2), based on a relationship between bacterioplankton biovolume (0.03–0.09 μm3 cell–1) and cell C (∼7–18 fg C cell–1) determined from samples collected during the EXPORTS study (Supplementary Figure 4). Using the findings here and from previous studies of bacterioplankton cell biovolume and cell carbon (e.g., Gundersen et al., 2002), we assume that the power-law relationship can be applied across the full range of potential cell biovolumes to estimate cell carbon. In addition to the cell carbon relationship derived in the current study, estimates of the bacterioplankton carbon conversion factor were also used to estimate BB using two previously published relationships [cell carbon = 108.8∗cell biovolume0.898 from Gundersen et al. (2002) and cell carbon = 103.02∗cell biovolume0.59 from Malfatti et al. (2010)] (Table 2 and Supplementary Figure 4). Based on those relationships from open ocean and coastal sites, the derived carbon conversion factors ranged between 4–10 and 11–22 fg C cell–1, respectively (Gundersen et al., 2002; Malfatti et al., 2010).

The use of literature derived cell carbon relationships would either reduce mean BGEs by 12% or increase them by 17%, respectively, compared with the relationship derived in the current study (Table 2). However, even accounting for uncertainty with the carbon conversion factors, the range in BGEs estimated here is most reflective of those previously measured during summer months at OSP (∼40 ± 15% in summer vs. ∼10 ± 5% in spring; Sherry et al., 1999). In a global comparison, these summer BGE estimates at OSP also fall within the upper quartile of median open ocean values (median of ∼22%, upper quartile of ∼34%) estimated in a review of BGEs from a range of freshwater and marine sites (del Giorgio and Cole, 1998).

Organic matter remineralization experiments of similar design show that low BGEs (4–12%) are generally associated with a more bioavailable DOM and with additions of sugars (Carlson and Ducklow, 1996; Nelson et al., 2013). A relatively low removal of 1–2 μmol C L–1 (over ∼7 days), similar to that observed at OSP (Table 2), has also been associated with elevated BGEs of 30–50% (Carlson et al., 1999; Halewood et al., 2012; Wear et al., 2015). Kirchman (1990) demonstrated that bacterioplankton at OSP had consistently elevated growth when amended with amino acids as compared with sugar amendments, suggesting that the quality of OM plays an important role in controlling the production and (presumably) BGEs. Given influences of AAs on bacterioplankton (Kirchman, 1990), the empirically derived BGEs for OSP presented here and in Sherry et al. (1999) may be associated with periodic elevation in contributions of hydrolyzable amino acids.

In the context of iron limitation in the NE Pacific (Martin and Fitzwater, 1988), previous estimates of iron quotas for bacteria at OSP suggested that estimated BGEs (12–23%) were reduced compared with other regions due to local iron limitations to bacterial growth (Tortell et al., 1996). This hypothesis is consistent with other findings that BGEs can become significantly reduced (e.g., from 60% down to 15%) in iron-limited regions of the South Pacific (Baltar et al., 2015). Though not explicitly tested in the current study, the relatively high BGEs presented here imply that iron may not have been limiting to bacterioplankton growth during the cruise or under the experimental conditions.

It is important to also note that a greater number of undiluted experiments had resolvable DOC∗ remineralization rates and BGE values (Table 2; 7 undiluted vs. 3 diluted experiments). This outcome may have been in part due to elevated contributions from a more labile OM within the 0.2–3.0 μm range or due to elevated initial BB in the undiluted treatments (Supplementary Figures 5a,b; Zehr et al., 2017); alternatively, grazer interactions led to an enhanced remineralization of OM and release of inorganic nutrients (Taylor et al., 1985). It is unclear which factor(s) was most influential in generating the greater number of experiments with detectable DOC∗ removal in the undiluted treatments. Despite the greater number of resolvable rates and BGEs in the undiluted experiments, the average BGEs and associated short-term BP and DOC∗ remineralization rates from diluted and undiluted experiments were not significantly different (two-tailed t-test, p > 0.05), so changes in OM quality from the two experiment types will be presented together to infer connections between OM bioavailability and OM quality.



OM Composition Changes in Experiments


Hydrolyzable Amino Acids as Indicators of OM Bioavailability

Indices inferring the degradation state of OM, like the THAA-based DI score presented here, are useful proxies for OM diagenesis (Cowie and Hedges, 1994; Dauwe and Middelburg, 1998; Davis et al., 2009; Kaiser and Benner, 2009). Such indices do not estimate the rate of C removal, nor can they estimate how much of the accumulated OM pool is bioavailable. However, previous studies using remineralization experiments similar to those presented here have linked the initial THAA- or aldose-based indicators of degradation state to OM bioavailability (Nelson et al., 2013; Shen and Benner, 2019), where results suggest that a more bioavailable OM can be associated with an OM composition that is relatively less diagenetically altered.

DOC∗ drawdown rates increased exponentially as the initial DI score increased, suggesting that, when comparing among this set of experiments, the initial DI score was an adequate predictor of both short- and long-term DOC∗ drawdown rates (R2 = 0.31 with p = 0.002 and R2 = 0.23 with p = 0.003, respectively; Figures 7A,B). These relationships infer that a less diagenetically altered, more labile OM corresponded with an increased DOC∗ remineralization rate and, thus, increased OM bioavailability. The significant positive correlations presented in Figures 7A,B also provide support to the hypothesis that marine BP is largely controlled by bottom–up carbon availability in the form of OM (Ducklow, 1992).
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FIGURE 7. Short- (A) and long-term (B) DOC* drawdown in OM remineralization experiments compared with the initial THAA-based degradation index (DI) score. Model II non-linear fits are represented by solid lines while dotted lines surrounding these fits represent the ±95% confidence intervals. Counts of compound class changes in MS1 peak area between initial and stationary phases that have significant (p < 0.05) correlations with either the short-term DOC* remineralization rate or the initial THAA-based DI (C). Four example scatter plots between the initial THAA-based DI and z-score changes are shown in (D). A z-score change of –1.0 refers to one standard deviation decrease for that compound. DOC* denotes that concentrations were corrected for bacterioplankton carbon but contain an unconstrained contribution of C < 3.0 μm.


THAA concentrations and DI scores presented here (Figures 2A,B) are at the upper end of surface ocean DOM collected near Hawaii and Bermuda and DOM produced from cultures of phytoplankton and bacteria (THAA of 0.8–1.5 μmol C L–1 and DI of 1–4; Kaiser and Benner, 2009). The comparison with other marine AA data implies that a portion of the surface OM collected from OSP in August 2018 was recently produced. Additionally, though THAA C values were relatively similar at 95 m, the significant shift down in DI Score is similar to findings with depth near Hawaii (Kaiser and Benner, 2009), suggesting the OM was diagenetically altered by 95 m.



LC-MS/MS Supports and Expands OM Composition Changes

High-resolution mass spectrometry approaches to studying marine OM continue to evolve with technological developments (Moran et al., 2016), where the use of LC-MS/MS has recently emerged as a potential non-targeted approach to identifying putative library matches of specific molecular compounds (Longnecker et al., 2015). When aligned spectra (Merder et al., 2020) are used with molecular networking approaches (Aron et al., 2020), hundreds of unique molecular features can be classified at the compound level (Longnecker and Kujawinski, 2017; Petras et al., 2017). Samples analyzed by LC-MS/MS presented here suggest that putative amino acid-like and other compound classes were modified by bacterioplankton in most OM remineralization experiments (Figure 3B), consistent with the mol% GABA + B-Ala trends from the more quantitative HPLC-based amino acid analysis (Figure 2C). In addition to the consistent modification of relevant compounds, several compounds with peak area reductions correlated with both the initial DI score (n = 38 compounds) and the short-term DOC∗ remineralization (n = 9 compounds) rate (Figures 7C,D). About 20–25% of the correlated compounds were within the amino acid class of compounds, agreeing with the finding that THAA C represented about 30% of the DOC∗ removed in experiments (Figure 2A).

Enhanced removal of amino acids (arginine), proteins (arg-ala) and the lipid quorum sensing compound N-octanoyl-L-homoserine lactone were associated with initially more labile OM (Figure 7D). Quorum sensing molecules detected in marine environments have typically been associated with particles and/or particle-seeking bacterioplankton, the presence of which can increase enzymatic activity and OM degradation rates (e.g., Hmelo et al., 2011). A reduction of these compounds in the experiments was accompanied by an increase in quorum sensing inhibitors like coumarin and cinnamic acid, which could be a competitive-based protective mechanism initiated by certain heterotrophic bacteria, like Gammaproteobacteria (Chen et al., 2019). The elevation of inhibitors in experiments with more labile OM, perhaps primarily in the dissolved phase, could have encouraged competition between taxa, thereby enhancing community diversity.

Other recent studies have employed a similar untargeted LC-MS/MS analysis to evaluate influences of microbial activities on the composition of PPL solid-phase-extracted DOM. For instance, one of the first marine DOM studies to use this untargeted molecular networking approach from diatom cultures found several physiologically relevant lipids produced by diatoms (Longnecker and Kujawinski, 2017). Another study identified a significant release of peptides by viral lysis of Synechococcus as compared to exudation or contained with cells, identifying an important source of N to marine systems (Ma et al., 2018). We found significant relationships between the DI score and peptides and lipids (Figures 7C,D), where OSP is often dominated by small (<5 μm) phytoplankton cells (Boyd and Harrison, 1999), potentially also serving as an important OM source in our experiments. Another study of temperate lake DOM indicated elevated microbial community richness to be associated with a more complex DOM (Muscarella et al., 2019), demonstrating promise in bringing together complex microbial community interactions and the untargeted OM characterization approach.

While trends were observed across experiments here, we must emphasize that (1) PPL cartridges used to isolate marine DOM samples only retain up to 60% of the organic carbon from the initial sample (Dittmar et al., 2008; Petras et al., 2017), (2) the LC-MS/MS does not effectively ionize certain compound classes, including neutral sugars (Johnson et al., 2017), and (3) the complexity of DOM presents unique challenges to effectively separating compounds during LC-MS/MS analysis (Hawkes et al., 2018). Thus, the changes in LC-MS/MS compounds highlighted here reflect relative differences among the samples analyzed. Despite potential limitations due to the selected extraction and ionization methods, the correlations between putative compounds and OM bioavailability indicators demonstrate that the method can identify changes to compounds relevant for microbial processes.




Community Composition Connections With OM Bioavailability

Quality of the source OM influences the community composition structure, and vice versa, in both field and experimental studies (Nelson et al., 2013; Wemheuer et al., 2014; Díez-Vives et al., 2019; Schada von Borzyskowski et al., 2019; Liu et al., 2020; Reji et al., 2020). To assess potential associations of OM indicators with the initial bacterioplankton community, we correlated OM bioavailability indicators with the relative abundances of the top 100 ASV’s, finding two significant correlations (Figure 8). There was a significant positive correlation (p < 0.05) between initial abundances of one of the most abundant ASVs, SAR11 Clade Ia, and another abundant ASV, Flavobacteriaceae NS5, and the initial mol% GABA + B-Ala (Figures 8A,B).
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FIGURE 8. Significant (p < 0.05) correlations between the initial THAA-based mol% GABA + B-Ala and initial relative abundances of an ASV within the Flavobacteriaceae NS5 (A) and SAR11 Clade Ia genera (B), collected in the surface OM remineralization experiments. The SAR11 Clade Ia in (B) was the most abundant ASV among the surface experiments. Noted within each figure are the maximum relative abundances (RA) detected for each ASV.


When the initial DOM was more diagenetically altered, there was a greater fraction of the bacterioplankton community comprised of SAR11 Clade Ia and Flavobacteriaceae NS5. The relationship in Figure 8B in particular is counterintuitive given that members of the SAR11 Ia subclade can compete for labile DOM and contribute up to 20% of detected ASVs under oligotrophic conditions (Carlson et al., 2009; Giovannoni and Vergin, 2012; Vergin et al., 2013; Giovannoni, 2017). Thus, it is unlikely that these dominant surface clades are consuming recalcitrant DOM during more oligotrophic conditions, but rather more likely that the relative contribution of these stable taxa become accentuated as other competing taxa become limited and decline in abundance. Numerous factors make predicting DOM transformations based on taxa within the initial conditions tenuous; thus, we instead turn to evaluating the taxa that respond when grown in the dark on naturally occurring OM. While the decreasing log2-fold changes in experiments can be difficult to interpret (as for SAR11 Ia in Figure 6), an increasing log2-fold is most likely due to an increase in the relative abundance of a particular taxa rather than a loss of all other taxa. Thus, microbial and OM dynamics in these incubations are used here to establish connections between specific responding bacterioplankton, OM composition and its subsequent transformation (Carlson and Hansell, 2015).

One of the most frequently responding taxa among surface and subsurface remineralization experiments included an ASV within the OM43 genus of the Methylophilaceae family (Figure 3A). As a streamlined methylotroph, OM43 specializes in the removal of C1 compounds (Halsey et al., 2012; Giovannoni et al., 2014), likely able to cleave methyl groups from more complex compounds like polysaccharides (McCarren et al., 2010; Sosa et al., 2015; Gifford et al., 2016). In addition to consistently increasing in abundance in experiments presented here, one member of the OM43 genus also exhibited a positive relationship between log2-fold increases and a change in mol% GABA + B-Ala (i.e., more degraded OM) during experiments (Figure 9G), suggesting that members of this clade may, in part, contribute to the modification of accumulated OM toward a degraded state.
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FIGURE 9. Significant (p < 0.05) correlations between the 16S rDNA ASV log2-fold change (between initial and stationary growth phase) and the short-term DOC* remineralization rate (A–D), the initial THAA-based degradation index (E,F) and change in the mol% of GABA + B-Ala between initial and stationary growth phases (G,H). Noted within each figure are the maximum relative abundances (RA) detected for each ASV. DOC* denotes that concentrations were corrected for bacterioplankton carbon but contain an unconstrained contribution of C < 3.0 μm.


The second most frequent responder in the remineralization experiments (excluding the 95 m experiment), the Gammaproteobacteria KI89A, increased in abundances in most treatments and depths (Figure 3A). KI89A has exhibited positive responses to NH4+ amendments (Goldberg et al., 2017), has elevated protein utilization compared with other groups (Orsi et al., 2016), and elevated abundances associated with the NH4+-oxidizing Thaumarchaeota (Reji et al., 2019). Together, past studies suggest this group to favor N-rich compounds, consistent with amino acid removal in the present experiments.

Other responding ASVs from surface remineralization experiments were correlated with OM bioavailability indicators (Figure 9). For instance, an increased DOC∗ drawdown rate was significantly (p < 0.05) and positively correlated with elevated log2-fold relative abundance increases in members of the Flavobacteriaceae NS2b genus, the Alteromonas Marinobacter genus, an unknown member of the Ectothiorhodospiraceae family, and the Rhodobacteraceae Sulfitobacter genus (Figures 9A–D). Greater log2-fold increases were also observed when the initial DI and mol% GABA + B-Ala changes suggested a more labile OM, including SAR86, Rhodobacteraceae and the Puniceispirillales order (SAR116 family). Several studies have demonstrated that members of these clades respond to recent OM production following phytoplankton bloom conditions (Abell and Bowman, 2005; Teeling et al., 2016; Díez-Vives et al., 2019; Reji et al., 2020) and can be enriched on sinking particles (Duret et al., 2019).

Taxa within the Flavobacteriales (NS2b genus), Alteromonadales (Marinobacter genus) and Rhodobacterales orders are capable of removing a range of compound types including organic acids, sugars, lipids, chitin, proteins and cellulose (Kirchman, 2002; Handley and Lloyd, 2013; Pujalte et al., 2014), and as such may have each contributed to the removal of the diverse classes of compounds associated with the conditions of elevated OM bioavailability (Figures 7C, 9A,B,F). Rhodobacteraceae Sulfitobacter, though low in total relative abundances (up to 0.25% relative abundances), have been shown to actively degrade phosphonate substitutions from high molecular weight DOM, thereby generating an important source of P for the microbial community (Sosa et al., 2017). Increases in SAR116, associated with labile OM here (Figure 9H), has also been detected at appreciable abundances throughout the coastal and open gyre environments associated with the depths of maximum chlorophyll-a concentrations (Rappé et al., 1997; Morris et al., 2012; Nelson et al., 2014). Studies cited above demonstrate that responding taxa identified in the experiments here have also been shown to respond to a range of compounds within OM lending support to general decrease in various compound classes identified by LC-MS/MS here (Figures 3B, 7C).



Increase in Community Diversity Favored During OM Degradation

Indicators of bacterioplankton diversity measured for dynamic marine environments can highlight the importance of the complex interactions associated with and between microbial networks spanning temporal and spatial scales (Chow et al., 2013; Fuhrman et al., 2015). We used the Shannon–Wiener H index as an indicator of diversity in the OM remineralization experiments to highlight the underlying importance of diversity associated with OM bioavailability. The diversity of the initial community increased significantly (p < 0.05; Willis, 2019) with depth in our experiments, with values (Table 3) similar to those reported for the Sargasso Sea (Nelson et al., 2014). An increasing bacterioplankton diversity over depth is a common feature in ocean systems and is likely influenced by a combination of slower speciation succession rates (Ghiglione et al., 2012) and elevated arrays of acquisition strategies as inorganic and organic resources change over depth (DeLong et al., 2006; Sogin et al., 2006).

The diversity of the responding taxa increased as DOC∗ drawdown rates increased from 0.05 to 0.10 μmol C L–1 d–1, after which point the diversity remained relatively constant to slightly decreasing (Figure 10A). The 95 m community sample contained elevated contributions of taxa (Figure 4) and OM (Figures 1, 2) not observed at other depths and so was not analyzed further as part of this trend. The pattern in Figure 10A is suggestive of the unimodal (“humped”) diversity-productivity relationship, where diversity increases to a point then stabilizes and decreases as the level of productivity increases (Smith, 2007). This pattern was recently illustrated for a range of bacterioplankton productivity conditions in arctic soils and was hypothesized to be due to shifts between stress tolerance with the lowest productivity and species competition at the highest productivity (Geyer and Barrett, 2019). The increase in diversity observed in the present study as DOC∗ drawdown began to increase may reflect an initial response to increasing bacterioplankton accessibility to OM resources. A shift to lower diversity at higher DOC∗ rates, dominated primarily by members within the Gammaproteobacteria class, has been shown in OM remineralization experiments associated with DOC removal rates 2–10 times greater than those reported here (Nelson et al., 2013; Wear et al., 2015).
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FIGURE 10. Shannon–Wiener H index at stationary phase associated with the short-term DOC* drawdown rate from diluted experiments (A) and the change in the Shannon–Wiener H index association with the change in the THAA-based mol% GABA + B-Ala (B). The Model II linear fit line in (B) was significant (p = 0.029) when fit across both surface and subsurface samples but excludes the surface 8/18 sample. DOC* denotes that concentrations were corrected for bacterioplankton carbon but contain an unconstrained contribution of C < 3.0 μm.


Relative changes in diversity between initial and stationary growth phases were also greater as the changes in mol% GABA + B-Ala increased (Figure 10B). In other words, a greater alteration toward a more degraded OM was associated with an increasingly more diverse community. Increases in diversity as OM became more degraded may be reflective of an elevated number of specialists containing a diverse array of acquisition strategies (DeLong et al., 2006; Muscarella et al., 2019). The mole% increase by non-protein amino acids, GABA + B-Ala, implies a preferential modification of other protein-derived AAs, and may be in part due to the release of small compounds during the modification of protein acids like glutamic and aspartic acids (Lee and Cronin, 1982). Groups like OM43 have the ability to utilize simple organic acids (Gifford et al., 2016); their growth response in most experiments presented here may reflect either elevated organic acid concentrations in the NE Pacific (Koyama and Thompson, 1964) or a concurrent modification of OM by a diverse community that ultimately benefited OM43.

Diversity trends described above suggest that indicator species from a range of phylogenetic classes like Bacteroidia (e.g., Flavobacteriaceae), Gammaproteobacteria (e.g., Alteromonas, OM43) and Alphaproteobacteria (e.g., Rhodobacteraceae) can be favored in OM remineralization experiments (Figures 6, 9). Various acquisition strategies from a network of bacterioplankton are likely required to access the diverse molecular composition of OM (Fuhrman et al., 2015; Moran et al., 2016; Reintjes et al., 2019). For instance, ‘sharing’ bacteria like OM43 and Alteromonadales Marinobacteraceae use external hydrolysis to acquire necessary substrates, the process of which may benefit more ‘selfish’ taxa like Flavobacteriaceae (responding NS2b and NS4 genera identified here) that take up desired substrates with little of the substrate left unutilized during acquisition (Sosa et al., 2017; Reintjes et al., 2019; Arnosti et al., 2020; Liu and Liu, 2020). The dependence on diversity in the experiments shown here agrees with the idea that single species can take up substrate to a point but a diverse community is required to modify the complex composition of OM (Nelson and Wear, 2014; Pedler et al., 2014). Results from the current study suggest an elevated diversity was initially associated with increases in resource availability, but that this diversity would likely have decreased under a sustained supply of new OM (Wemheuer et al., 2014; Fuentes et al., 2019; Geyer and Barrett, 2019; Reji et al., 2020).




CONCLUSION

Concurrent changes to the DOC∗ remineralization rate and to the THAA-based degradation index observed during the August 2018 EXPORTS study at OSP provide evidence that the rate of organic carbon removal by bacterioplankton was associated with the bioavailability/chemical composition of OM. Results agree with findings by Kirchman (1990), also based at OSP, demonstrating that amino acids, as opposed to sole additions of glucose, were a limiting component of OM to BP. We extend the findings from Kirchman (1990) by demonstrating that both the quantity and initial composition of the combined amino acid pool played an important role in determining the extent to which OM could be remineralized, where organic carbon removal rates were elevated when the initial combined amino acids indicated a more bioavailable composition.

We also extend observations of the bacterioplankton community at OSP by evaluating indicator 16S rDNA-based taxa associated with shifts in OM bioavailability. Similar to findings observed previously in both time-series and experimental studies associated with elevated resource availability, we found significant relationships between elevated OM bioavailability and members of the Flavobacteriaceae (NS2b genus), Rhodobacteraceae (Sulfitobacter genus), Marinobacteraceae (Alteromonadales order), Methylophilaceae (OM43 genus) and SAR116 families. By connecting the OM composition with the bacterioplankton community composition, it appears that a diverse set of taxa were responsible for changes to the OM composition.

These remineralization experiments also demonstrated that 16S amplicon-based community structures became more diverse as the OM exhibited the greatest changes in degradation state. Patterns of community diversity, with diverse resource acquisition strategies, may have contributed to relatively high BGE observed across all surface and subsurface experiments, averaging 31 ± 7%, similar to summer values measured previously for OSP (Sherry et al., 1999). Results, albeit from a limited data set, have implications on the BGEs and C cycling for the EXPORTS Program at the OSP study site, a site where bacterioplankton may at times contribute to net heterotrophic conditions (Fassbender et al., 2016) and BCD can exceed primary production rates (Sherry et al., 1999).

Further research on the bacterioplankton community at OSP would benefit from placing the carbon demand of the bacterioplankton into the broader carbon cycling context for region. For instance, bacterioplankton carbon removal and BGE estimates presented here will be used in a subsequent manuscript to constrain estimates bacterioplankton carbon demand and how that demand changes within the context of phytoplankton production rates, DOM concentration and DOM composition.
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In order to determine the dynamics of marine fluorescent organic matter (FOM) using high-resolution spatial data, in situ fluorometers have been used in the open ocean. In this study, we measured FOM during the Global Ocean Ship-based Hydrographic Investigations Program (GO-SHIP) expedition from early December 2019 to early February 2020, using an in situ fluorometer at 148 stations along the two meridional transects (at ∼80 and ∼57°E) in the Indian Ocean, covering latitudinal ranges from ∼6°N to ∼20°S and ∼30 to ∼65°S, respectively. The FOM data obtained from the fluorometer were corrected for known temperature dependence and calibrated using FOM data measured onboard by a benchtop fluorometer. Using the relative water mass proportions estimated from water mass analyses, we determined the intrinsic values of FOM and apparent oxygen utilization (AOU) for each of the 12 water masses observed. We then estimated the basin-scale relationship between the intrinsic FOM and the AOU, as well as the turnover time for FOM in the Indian Ocean (410 ± 19 years) in combination with the microbial respiration rate in the dark ocean (>200 m). Consistent to previous estimates in the global tropical and subtropical ocean, the FOM turnover time obtained is of the same order of magnitude as the circulation age of the Indian Ocean, indicating that the FOM is refractory and is a sink for reduced carbon in the dark ocean. A decoupling of FOM and AOU from the basin-scale relationship was also observed in the abyssal waters of the northern Indian Ocean. The local variability may be explained by the effect of sinking organic matter altered by denitrification through the oxygen-deficient zone on enhanced abyssal FOM production relative to oxygen consumption.

Keywords: FOM, in situ fluorometer, Indian Ocean, water mass analysis, microbial respiration


INTRODUCTION

The carbon inventory of marine dissolved organic matter (DOM) is estimated to be approximately 662 Pg C, which is the second largest among the bioreactive carbon reservoirs in the ocean (Hansell et al., 2009). Most DOM exists as refractory DOM (RDOM) (Hansell et al., 2012), which is thought to be produced by microbial mineralization of organic matter that is produced in the sunlit surface ocean and accumulates in deep/abyssal waters in the course of meridional overturning circulation (Hansell et al., 2009, 2012). As a result, RDOM plays an important role in sequestering atmospheric CO2 in deep/abyssal waters via the mechanism called the “microbial carbon pump (MCP)” (Jiao et al., 2010). Thus, a better understanding of the behavior of marine RDOM is needed for deepening our knowledge of the MCP.

Some constituents of RDOM can be detected as chromophoric DOM (CDOM) or fluorescent DOM (FDOM). CDOM is a fraction of DOM that absorbs ultraviolet–visible light, while FDOM is a fraction of CDOM that fluoresces. RDOM in the ocean has a lifetime of hundreds to thousands of years (e.g., Hansell et al., 2012), indicating that large-scale observations are indispensable for tracing basin or global scale RDOM behavior and for determining the synoptic dynamics of RDOM. To date, several large-scale observations regarding FDOM/CDOM have been conducted. Yamashita and Tanoue (2008) determined that marine humic-like FDOM (measured at 320 nm excitation and 420 nm emission) correlated linearly with apparent oxygen utilization (AOU) along a transect in the Pacific covering a latitudinal range from ∼60°N to ∼55°S. Nelson et al. (2010) showed that CDOM (measured as an absorption coefficient at 325 nm) was also positively correlated with AOU in the Indian and Pacific Oceans, but not in the Atlantic Ocean. Jørgensen et al. (2011) clarified that humic-like fluorophores had positive correlations with AOU by using the global distributions of FDOM determined with excitation-emission matrix (EEM) fluorescence and parallel factor analyses (PARAFAC). Catalá et al. (2015a, b) also showed the global tropical and subtropical distributions of EEM measurements treated by PARAFAC analyses and CDOM (same as in Nelson et al., 2010). The first three studies demonstrated that FDOM/CDOM are produced in the ocean interior via microbial respiration, based on positive correlations between FDOM and AOU or between CDOM and AOU. These studies analyzed FDOM/CDOM and AOU data on a basin or global scale by combining them, but without considering the differences in the specific values of each parameter between the water masses. This makes it difficult to obtain a characteristic basin scale or global scale relationship between FDOM and AOU, or between CDOM and AOU. The difficulty lies in the fact that the analytical method used does not consider the mixing of several water masses in a given location, and the possibility that intermediate and deep/abyssal water masses are transported to a given basin from other ocean basins. On the other hand, the latter two studies determined the characteristic values of FDOM/CDOM and AOU for each water mass encountered, obtaining the global relationships between FDOM and AOU and between CDOM and AOU. However, although the methods used by Catalá et al. (2015a, b) seem reasonable, the geographical and vertical resolutions of their FDOM/CDOM data were not very high and the data coverage was restricted to the subtropical and tropical regions. Especially in the Indian Ocean, their transect survey was conducted only in the subtropical region, which indicates that the basin-scale information on FDOM/CDOM is insufficient.

In order to increase the spatial resolution of marine FDOM/CDOM data both geographically and vertically, in situ fluorometry is a promising technique. Recently, in situ fluorometers have been used in open ocean studies coupled with CTD systems (Yamashita et al., 2015; Nelson and Gauglitz, 2016) and autonomous profiling Bio-Argo floats (Xing et al., 2012). Yamashita et al. (2015) measured the vertical distributions of FDOM at several stations in the northwestern Pacific and showed the importance of correcting the temperature dependence of an in situ fluorometer, based on the method proposed by Watras et al. (2011). Xing et al. (2012) analyzed data from the upper 400 m of the Pacific, Atlantic, and Mediterranean to examine the potential for obtaining the CDOM absorption coefficient from in situ fluorometer-derived CDOM data. Although Nelson and Gauglitz (2016) collected vertical FDOM data on a large scale, they only compared the data with the manually measured CDOM absorption coefficient at 325 nm. Therefore, studies that describe vertical FDOM data, obtained by in situ fluorometry on a large scale, to understand its behavior in the ocean interior are currently lacking.

In this context, this study focuses on making large-scale observations and collecting FDOM data at high spatial resolutions using an in situ fluorometer in the Indian Ocean, where the basin-scale information on FDOM is insufficient. This study aims to: (1) establish in situ fluorometer application in the open ocean, (2) clarify the characteristic FDOM values for each of the water masses found along the meridional section in the Indian Ocean to estimate its turnover time and understand its behavior, and (3) provide spatially high-resolution FDOM data (in Raman units) that can be directly compared with data collected in other oceanic locations in the past or future.



MATERIALS AND METHODS

In this study, we analyzed FDOM data obtained from depths below 250 m in the Indian Ocean. Strictly speaking, FDOM should be called “fluorescent organic matter (FOM)” because fractional particulate organic matter (POM) might also be included in the FDOM data measured by an in situ fluorometer. Although POM is a minor component of organic matter at depths below 200 m in the open ocean (Catalá et al., 2015a), the term FOM is used throughout this paper accordingly.


Vertical Section Observations

Global Ocean Ship-based Hydrographic Investigations Program (GO-SHIP) cruises aboard the R/V Mirai (MR19-04, Legs 2 and 3) were conducted along two transects with station spacing less than 67 km (Figure 1). Leg 2 covered the northern transect (December 5–27, 2019) and Leg 3 covered the southern transect (December 29, 2019–February 10, 2020). The 1 dbar interval temperature, salinity, and pressure data were obtained using the SBE9plus CTD system (Sea-Bird Scientific, United States) mounted on a 36 Niskin bottle rosette. The FOM and dissolved oxygen (DO) data were obtained using an in situ fluorometer (Ultraviolet fluorometer, Seapoint Sensors Inc., United States) and a DO sensor (RINKO III, JFE Advantech Co., Ltd., Japan) connected to the CTD system, respectively. The excitation and emission wavelengths of the in situ fluorometer were 370 nm with 12 nm FWHM and 440 nm with 40 nm FWHM, respectively (where FWHM is the full width at half maximum wave height). Hereafter, FOM measured by the in situ fluorometer is referred to as “FOM370/440”. This wavelength range represents that of a terrestrial humic-like fluorophore, similar to Peak C (Coble, 2007). The excitation wavelength of 370 nm is at the upper limit for humics (Chen et al., 2003). Photosynthetically Available Radiation (PAR) and turbidity data collected by a PAR sensor (PAR-Log ICSW, Satlantic LP, Canada) and a turbidity sensor (Turbidity meter, Seapoint Sensors Inc., United States) as well as nitrate and phosphate data were also used. Nitrate and phosphate data are from the Carbon Dioxide Information and Analysis Center1.
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FIGURE 1. Map of sampling sites in the Indian Ocean in this study. Solid blue circles indicate sites where the FOM data were obtained using an in situ fluorometer, and open gray circles indicate sites where the FOM data were also measured using a shipboard benchtop fluorometer.


The DO concentrations obtained by the sensor were calibrated using concentrations measured by the Winkler titration method, as in Uchida et al. (2010). For the FOM370/440 outputs from the in situ fluorometer, the following two corrections were applied: (1) The differences between the outputs of the down- and up-casts that might be attributed to pressure hysteresis of the fluorometer were determined. The up-cast data were corrected to match the down-cast data as follows:

[image: image]

where P is pressure (dbar), subscripts c, m, and lim indicate the corrected and measured FOM370/440 values and the threshold pressure value, respectively; and c0 is the correction coefficient. If P is greater than Plim, c0 was set to zero. If the maximum pressure of a given cast was smaller than Plim, Plim was set to the maximum pressure. The Plim and c0 pairs used for Leg 2, Leg 3 stations 70–102 and Leg 3 stations 103–153 were 2500 dbar and 1.5 × 10–5, 2500 dbar and 1.8 × 10–5, and 3000 dbar and 0.4 × 10–5, respectively. The down-cast data were used for the vertical sections and the up-cast data were used for comparisons with the bottle data (explained in the subsection “Temperature Dependence Correction and Calibration of Raw Data From the in situ Fluorometer”). (2) Large positive deviations (maximum of 0.33 V) in the outputs of the in situ fluorometer were observed near the surface, likely due to interference from sunlight. Therefore, when the in situ PAR data were greater than 100 μE m–2 s–1, the near surface deviated data were replaced by the first minimum value observed below the surface in each cast. Although the FOM370/440 data might be affected by turbidity, we established no correlations between FOM370/440 and turbidity from the data obtained (r2 = 0.01), including the data from north of the Equator (r2 = 0.00), where relatively high turbidity values were found, even in the deep waters (Figure 8A). This indicates that FOM370/440 is not influenced by turbidity in this study.



Determining the Temperature Dependence of the in situ Fluorometer

In the open ocean, correcting for the temperature dependence of the in situ fluorometer is required (Watras et al., 2011; Yamashita et al., 2015). We performed two experiments for determining the temperature dependence before the cruises. The in situ fluorometer was submerged in a beaker fixed in a temperature controlled water bath. Before the experiments, the beaker was washed with detergent and rinsed with Milli-Q water obtained (R > 18 MΩ cm–1) using a MilliQ IQ 7000 system (Merck) connected to an ElixUV 70 (Yamato Scientific Co., Ltd.). The temperature of the water bath was first increased to ∼30°C, then was gradually lowered to ∼1.5°C. Data were collected continuously at 1 s intervals. Using this system, we investigated the temperature dependence of the fluorometer in both Milli-Q water as a blank and in Multi-parametric Standard Seawater (MSSW) (lot Pre18) (Uchida et al., 2020), which was used to represent seawater.



Water Sampling

In order to calibrate the FOM370/440 data collected by the in situ fluorometer, water samples for calibration were collected from the surface to 10 m above the bottom at each of the 41 stations (∼24 depths per cast) using 12 L Niskin bottles mounted on a rosette (Figure 1). Each sample collected in the upper 250 m was filtered using a pre-combusted Whatman GF/F glass fiber filter. Filtrations were carried out by connecting the spigot of the Niskin bottle through a silicone tube to an inline plastic filter holder. Filtrates or non-filtered seawater samples (below 250 m depth) were collected in pre-combusted glass vials with acid-washed Teflon-lined caps after triple rinsing. The samples were kept in the dark in a refrigerator at 4°C until analysis. Because silicone tubes occasionally cause the sorption of organics (Spencer and Coble, 2014; Wilde et al., 2014), we conducted a preliminary experiment. The duplicate seawater samples were collected at seven depths (from ∼200 to 5000 m) at station K2 (47°N, 160°E) from July 19 to August 10, 2018 aboard the R/V Mirai (MR18-04). At each depth, one sample was filtered as above, and the other was not filtered. The samples were stored frozen in the dark until analysis. The samples were then thawed, acclimated to a laboratory temperature, and measured, as described in subsection “Shipboard Measurements of FOM370/440”. The estimated standard deviation from the difference of duplicate measurements was 0.0004 (RU), which is smaller than the analytical error of 0.0005 (RU) for an in situ fluorometer (Table 1). Thus, the effect of the silicone tube on the FOM370/440 measurements is negligible.


TABLE 1. Seawater properties of the source water masses.
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Shipboard Measurements of FOM370/440

EEM fluorescence spectra were measured onboard using a benchtop fluorometer (Aqualog, Horiba Scientific, Japan) after the samples were acclimated to laboratory temperature in the dark. The measurements were conducted within two days of sampling. Emission scans from 248–829 nm were obtained at 2.33 nm intervals for sequential excitations from 240–560 nm at 5 nm intervals, with an integration time of 12 s and using the high Charge-Coupled Device (CCD) gain mode. The bandpass was fixed to 5 nm for both excitation and emission. Absorbance spectra were simultaneously collected with the benchtop fluorometer. Blank subtraction, inner filter effect correction (McKnight et al., 2001), and normalization of fluorescence intensities to Raman Units (RU) (by peak area integration of Raman scatter at an excitation wavelength of 350 nm) (Lawaetz and Stedmon, 2009) were conducted as post-measurement steps. The spectra of Milli-Q water were measured on every EEM measurement day and used for the blank subtraction and Raman normalization. The fluorescence intensities corresponding to those obtained by the in situ fluorometer were interpolated between excitation/emission wavelength pairs of 370/439.281 nm and 370/441.590 nm, and used to calibrate the data collected by the in situ fluorometer.



Water Mass Analysis

There are many water masses that make up the Indian Ocean. We deconstructed the relative proportions of these water masses in the dark ocean (>250 m) by using optimum multi-parameter analysis (OMPA). Here, we considered the fractional contributions of the source water masses with characteristic salinities (S), potential temperatures (θ), DO (O), and potential vorticity (PV). Equations for a water sample j are:
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where xij is the proportion of the source water mass i included in sample j, θi, Si, Oi, and PVi are the prescribed potential temperature, salinity, DO, and PV of each source water mass, respectively, and θj, Sj, Oj, and PVj are the observed temperature, salinity, DO and PV values in sample j, respectively. ΔOj is the oxygen anomaly for sample j and is associated with organic matter respiration. PV ([image: image], where f is the Coriolis parameter and ρ is potential density referenced to the middle pressure over which the derivative of ρ with respect to depth (z) is estimated) was calculated from the CTD data, which were smoothed with a 50-dbar half-width Gaussian filter. This system is written in a matrix form:
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where A is the source water mass type matrix, b is the observational data vector, R is the residual vector of the fit, and x is the vector of the unknown relative proportions of the source water masses and the oxygen anomaly. This system was solved using a non-negative least squares minimization after A and b were standardized using the prescribed θ, S, O, and PV data for the source water masses considered here. The weights of unity were assigned to θ and S. PV is a conservative quantity, but noisier than θ and S because it is derived from the vertical density derivative. Thus, a weight of 0.25 was assigned to PV. O is a non-conservative quantity, and a weight of 0.15 was assigned. A weight of mass conservation was set as the sum of the weights.

In this study, we confirmed the presence of 12 source water masses (Table 1 and Supplementary Figure 1). We classified the observational data into six domains by density and latitude. The waters (σθ > 27.5) along Legs 2 and 3 were classified as “bottom/deep” domain. The waters (27 < σθ < 27.5) along Legs 2 and 3 were classified as “northern intermediate” and “southern intermediate”, respectively. The waters (σθ < 27) along Leg 3 were considered to be “southern central.” The waters (σθ < 27) along Leg 2 were divided into the two domains: “northern central 1” for the waters (26.6 < σθ < 27) and “northern central 2” for the waters (σθ < 26.6). The properties for the source water masses were basically cited from the literature values in which the locations and the method of estimating the properties are clarified. When the literature values for O and PV were not available, the data of θ, S, and O from the World Ocean Atlas 2018 (WOA18) data were used (Garcia et al., 2018; Locarnini et al., 2018; Zweng et al., 2018). Details of our estimation of O and PV are detailed in Table 1. The OMPA results were considered invalid and the water mass fractions were set to zero in the following cases: 1) the total of water mass fractions is greater than 1.05 or smaller than 0.95, or 2) the squared norm of the residuals exceeds 0.25.



Water Mass Proportions Collected During the Cruise

Using the proportion of each water mass i included in the sample j (xij), we calculated the proportion of each water mass, i, in the total water samples collected during the cruises (%PROi):
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where n is the number of samples collected.



Water Mass Mixing-Weighted Average Pressures, FOM370/440, and AOU

The water mass mixing-weighted average pressures, FOM370/440, and AOU (hereafter, we refer to the average as the archetypal value) were calculated as in Álvarez-Salgado et al. (2013):
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where Ci is the archetypal value of parameter C in the center of mass of water mass i during the cruises and Cj is the observed C value in sample j. Ci is affected by the conservative mixing of the value of C for each water mass in the source region. In addition, Ci for FOM370/440 and AOU is influenced by organic matter mineralization that occurred from the source region of each water mass to the center of mass along the two transects, i.e., on a basin scale (Álvarez-Salgado et al., 2013). We also calculated the standard deviation (SDCi) of the Ci as:
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Finally, the archetypal values of parameter C in all the samples (<Cj>) were calculated as in Catalá et al. (2015a, b):
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In order to evaluate to what extent parameter C is influenced by water mass mixing and basin scale mineralization, the determination coefficient (R2) in a correlation between Cj and <Cj> was used according to Catalá et al. (2015a, b). In addition, the residual standard deviation (SDres) for the linear regression between Cj and <Cj> was calculated to understand the mean error caused by predicting the measured values of Cj with the regression (Table 2).


TABLE 2. Archetypal values of the pressure, AOU, and FOM with the proportion of source water mass.
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RESULTS


Temperature Dependence Correction and Calibration of Raw Data From the in situ Fluorometer

The representative seawater sample (MSSW Pre18) exhibited a clear temperature dependence, while the Milli-Q water did not (Figure 2A). The response of Milli-Q water to temperature change was the same as in Watras et al. (2011). However, different from the findings of Watras et al. (2011), we measured significantly higher levels of FOM370/440 than zero in our “temperature dependence” experiment. The signals include both the blank level of FOM370/440 in the Milli-Q water and the dark count intrinsic to the fluorometer. In this study, the following temperature dependence of the in situ fluorometer was assumed, as in Watras et al. (2011) and Yamashita et al. (2015):
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FIGURE 2. (A) Temperature dependence of the in situ fluorometer for Multiparameteric Standard Seawater, lot Pre18 (gray) and MilliQ-water (black), and (B) the relationship between the results obtained using a benchtop fluorometer and the outputs of the in situ fluorometer which were first corrected for temperature dependence and then converted to RU using the conversion factor [Eq. (13)]. In (B), the gray line represents the regression line (R2 = 0.97, n = 769, p < 0.001).


where T is temperature (°C), Tr is the reference temperature (°C), d is the temperature coefficient (°C–1), and subscripts c and m represent the corrected and measured values. A Tr of 20°C was used in this study. d is considered to be the ratio of the slope to the intercept in the linear regression of the signals of the in situ fluorometer and temperature, and is constant over a wide range of FOM370/440 levels because both the slope and intercept change proportionally with the FOM370/440 level (Watras et al., 2011). This condition holds when a null FOM370/440 level corresponds to a 0 V signal obtained by an in situ fluorometer. Therefore, the Milli-Q water value, including the blank level of FOM370/440 and dark count intrinsic to the fluorometer, should be subtracted from the values obtained for the Pre18 seawater measurements. Here, the average value of 0.1075 V (FL_MQ) was subtracted from the Pre18 seawater measurements. Then, Eq. (12) was fit to the Pre18 seawater measurements and d was estimated to be −0.013 ± 0.000 (°C–1). Using the d-value, we then corrected the temperature dependence in the data collected by the in situ fluorometer.

The FOM370/440 value for the Pre18 seawater (FOM_pre18) was independently measured using a benchtop fluorometer, and was estimated to be 0.0174 ± 0.0002 RU (n = 5). Using this value, we estimated a conversion factor, c, for the in situ fluorometer’s raw data to RU as follows:
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where FL_pre18 is the measured value (V) at 20°C by the in situ fluorometer for the Pre18 seawater. Here, FOM370/440c was multiplied by c and converted to the in situ fluorometer data in RU. We compared the corrected data with all the data obtained using the benchtop fluorometer for the in situ samples and a significant positive linear correlation (R2 = 0.97, n = 769, p < 0.001) was obtained (Figure 2B). The corrected data tend to be systematically smaller values than the benchtop fluorometer data, which might be caused by the Milli-Q water containing a small amount of FOM370/440. Nevertheless, the significant linear relationship could be used to calibrate the corrected data collected during the cruises. The residual standard deviation of the linear regression between the corrected data and the benchtop fluorometer data was estimated as 0.5 mRU. This standard deviation is considered to be the analytical error of the in situ fluorometer in this study (Table 2). Finally, the linear relationship was used to calibrate the corrected data in RU and the calibrated data were used for the following analyses.



Relative Proportions of Source Water Masses

In the samples collected in the dark ocean (>250 m), potential temperatures ranged from approximately −1.5 to 18°C, and salinities ranged from ∼33.9 to ∼35.8 psu (Figures 3, 6A–D and Supplementary Figure 1). As stated above, we divided the observational data into six domains: bottom/deep, southern intermediate, northern intermediate, southern central, northern central 1 and northern central 2 (Supplementary Figure 1). Twelve water masses were confirmed (Table 1 and Supplementary Table 1): Weddel Shelf Water (WSW), Adélie Land Bottom Water (ALBW), North Atlantic Deep Water (NADW), Antarctic Intermediate Water (AAIW), Sub-Antarctic Mode Water (SAMW), Subtropical Mode Water (STMW), Indonesian Intermediate Water (IIW), Red Sea Overflow Water (RSOW), Persian Gulf Water (PGW), Lower Indonesian Upper Water (LIUW), Upper Indonesian Upper Water (UIUW), and Indian Central Water (ICW). For each domain, we conducted an OMPA analysis.


[image: image]

FIGURE 3. T–S (potential temperature vs. salinity) diagram below 250 m. Color represents the latitude where each sample was collected. Black lines indicate the density surfaces of σθ.


The water mass that most occupied the samples along the two transects was ALBW (60.01%) (Table 2). Along both transects, Antarctic Bottom Water (AABW), which contains WSW and ALBW, played a more dominant role in filling the bottom waters compared to NADW (Figure 4). This is evident from the fact that the ALBW archetypal pressure of 3053 dbar exceeded the NADW archetypal pressure of 2832 dbar, and the occupied samples of NADW are 6.57%.


[image: image]

FIGURE 4. Fractions of the water masses confirmed by the water mass analyses: (A,B) AABW = WSW + ALBW, (C,D) NADW, (E,F) AAIW, (G,H) RSOW, (I,J) SAMW, and (K,L) STMW. Right and left columns represent the Leg 2 and Leg 3 transects, respectively.


North of 40°S, the NADW fraction is approximately 0.1 and the fraction is greater than 0.2 only at about 1200 dbar near the Equator. South of 40°S, the NADW fraction exceeds 0.2 within the latitudinal range of −50 to −40°S, and the core tilts toward the south along the isopycnals (Figures 4 and 6E). The distributions of AABW and NADW are similar to the previous results (Johnson, 2008).

From the south, AAIW, SAMW, and STMW mainly ventilate the waters above the bottom/deep water masses and spread northward. The occupied samples of AAIW, SAMW, and STMW were 13.45, 4.68, and 1.11%, respectively. The archetypal pressure of AAIW was 1953 dbar. The pressures of SAMW and STMW were 670 and 508 dbar, respectively, which are shallower than that of AAIW.

In the intermediate waters of the Leg 2 transect, RSOW and IIW were the dominant water masses. RSOW spread from the north to the south, and the proportion of occupied samples was 8.78%. The archetypal pressure of RSOW was 1983 dbar. IIW spreads from the Indonesian seas westward (Talley and Sprintall, 2005) and was located between ∼700 and 1200 dbar. The core was centered at ∼5–18°S and at ∼1000 dbar and the proportion of occupied samples was 3.84% (Table 2 and Figure 5).


[image: image]

FIGURE 5. Fractions of the water masses confirmed by the water mass analyses: (A) IIW, (B) PGW, (C) IUW = UIUW + LIUW, and (D) ICW.


PGW, IUW and ICW were minor water masses in this study. PGW, which spreads from the north, was observed above 500 dbar south of the Equator. IUW was also observed above 500 dbar over a latitudinal range of Leg 2 transect, with a volume (LIUW + UIUW) of 0.66%. This water mass spreads from the Indonesian seas as the Indonesian throughflow (Talley and Sprintall, 2005). ICW with a proportion of occupied samples of 0.01% was located from ∼12 to 20°S and above 400 dbar. Vertical sections of fractions of WSW and PGW along the Leg 3 transect, and UIUW and LIUW along the Leg 2 transect are presented in the Supplementary Figure 2.



Distributions and Relationships Between FOM370/440 and AOU

FOM370/440 levels are generally low in the upper ocean where photodegradation is the main sink process (e.g., Chen and Jeffrey, 1992) and increases with depth (Figure 6M,N). FOM370/440 levels ranged from approximately 0.002 to 0.014 RU. At the abyssal waters (>27.75 σθ), FOM370/440 levels increased from south to north. At the northern end of the Leg 2 transect (north of the Equator), the FOM370/440 levels between 1200 dbar (>∼27.5 σθ) and the seafloor are comparable to those between 500 and 1200 dbar (Figures 6E–F and M–N).


[image: image]

FIGURE 6. Vertical sections of (A,B) potential temperature, (C,D) salinity, (E,F) σθ, (G,H) absolute value of PV, (I,J) dissolved oxygen, (K,L) AOU, and (M,N) FOM. Right and left columns represent the Leg 2 and Leg 3 transects, respectively.


AOU varied between 0 and 300 μmol kg–1 and had a similar spatial distribution as FOM370/440, except in the waters below 1200 dbar north of the Equator (Figures 6K,L). In contrast to FOM370/440, AOU levels between 1200 dbar and the seafloor at the northern end of the Leg 2 transect (north of the Equator) were clearly lower than those between 500 to 1200 dbar. Based on our analyses, 53 and 34% of the variability in AOU and FOM370/440 were explained by the archetypal AOU and FOM370/440, respectively (Table 2), which means that approximately half and approximately 30% of the AOU and FOM370/440 variability were determined by water mass mixing and basin scale organic matter mineralization.

The maximum archetypal AOU and FOM370/440 values were observed in the northern intermediate water masses: IIW (229 μmol kg–1, 0.0113 RU) and RSOW (178 μmol kg–1, 0.0100 RU) (Table 2 and Figure 7). The minimum values were observed in the upper water masses: STMW (37 μmol kg–1, 0.0043 RU), ICW (58 μmol kg–1, 0.0054 RU), PGW (65 μmol kg–1, 0.0055 RU), and UIUW (69 μmol kg–1, 0.0057 RU). Compared to the four upper water masses, the other upper water masses (LIUW) have relatively high AOU and FOM370/440 values. As for the abyssal/deep water masses, WSW, ALBW, and NADW had archetypal AOU and FOM370/440 values between the extremes mentioned above. AAIW and SAMW had similar AOU and FOM370/440 values to those of the abyssal/deep water masses.


[image: image]

FIGURE 7. Relationship between FOM and AOU. Open gray and blue circles indicate the measured and archetypal values, respectively. Orange and pink dots indicate the measured data in the density ranges of σθ > 27.75 and 27.75 > σθ > 27.5 along the Leg 2 transect, respectively. Symbols are the archetypal values for each of the water masses.


Here, we used AOU as a proxy for microbial respiration because approximately 50% of the AOU variability was determined by water mass mixing and basin scale organic matter mineralization processes. As we anticipated from the vertical sections of AOU and FOM370/440, the archetypal AOU had a significant positive correlation with the archetypal FOM370/440 (FOMi = (3.7 ± 0.2) × 10−5 × AOUi + 0.0030 (± 0.0003), r2 = 0.96, p < 0.001, n = 12, Figure 7).



Basin Scale Turnover Time of FOM

According to the method of Catalá et al. (2015a, b), we estimated the net production rate of FOM370/440. The net production rate (NPFOM) can be estimated as follows:

[image: image]

where [image: image] is the rate of change in FOM370/440 with respect to AOU, and RESP represents the respiration rate in the dark ocean. We used a slope of (3.7 ± 0.2) × 10–5 in the linear regression between the archetypal FOM370/440 and AOU as [image: image] and adopted the respiration rate that was calculated as follows: the total oceanic respiration rate (827 T mol year–1) below 200 m (Andersson et al., 2004) divided by the mass of the ocean below 200 m depth (1.38 × 1021 kg; Pilson, 1998) produces an estimate of the respiration rate (0.6 μmol kg–1 year–1) according to Catalá et al. (2015b). Using this estimated respiration rate, NPFOM was estimated as 2.2 ± 0.1 × 10–5 RU year–1. The FOM370/440 turnover time (τ) in the Indian Ocean was then calculated using [image: image], which yielded an estimated turnover time of 410 ± 19 year.




DISCUSSION


Temperature Coefficient in the Temperature Dependence Curve of the in situ Fluorometer

The d of −0.013 estimated in this study is similar to the values (−0.015 to −0.016) obtained for the same type of in situ fluorometer (Ultraviolet Fluorometer from SeaPoint Sensors, Inc.) by Watras et al. (2011). Their estimates were obtained by conducting a similar experiment to this one on samples obtained from wetland-dominated lakes. Because the water in the lakes has completely different organic matter matrices and concentrations from water in the open ocean, the similarity in d-values indicates that d is likely related to the characteristic temperature dependence, i.e., the thermal quenching properties (e.g., Baker, 2005), of specific organic matter that was determined at fixed excitation and emission wavelengths of 370 and 440 nm, respectively. This is in line with the inference by Yamashita et al. (2015).

Watras et al. (2011) also determined the temperature dependence of another type of in situ fluorometer (C3 Submersible Fluorometer, TurnerDesigns, Inc., United States), whose excitation and emission wavelengths are 340 and 440 nm, respectively. They estimated d-values of −0.007 to −0.009 for the water samples obtained in the same wetland-dominated lakes. In addition, Yamashita et al. (2015) estimated the d-values for open ocean water as −0.005 to −0.006 using an in situ fluorometer [ECO-FL(RT)D, WET Labs, United States] with excitation and emission wavelengths of 370 and 460 nm, respectively. Although it is possible that the differences in d-values between the different types of in situ fluorometers might be instrument-specific, there is also the possibility that the differences are related to how the d-value is estimated. In this study, Milli-Q water had positive values, as stated above. If we estimate the d-value for the Pre18 seawater measurements without subtracting the Milli-Q water value, we obtain a d-value of −0.007, which is close to the results obtained by Yamashita et al. (2015). However, when applying this value to correct the raw data collected by the in situ fluorometer in this study, the temperature dependence correction did not work well. Ideally, at a null FOM370/440 fluorescence intensity, the slope and intercept of the linear regression between temperature and FOM370/440 fluorescence should approach zero. However, when the Milli-Q water value is not subtracted from the Pre18 seawater values, the slope and intercept at the FOM370/440 fluorescence intensity of Milli-Q water (i.e., ∼0.1 V) do not approach zero (Figure 2A). As a result, an incorrect d is estimated. Therefore, in addition to measuring a water sample with a given concentration of FOM, as suggested by Watras et al. (2011), null FOM water (such as Milli-Q water) should also be measured. The FOM value includes a blank level of FOM and dark counts that are intrinsic to an in situ fluorometer, and must be subtracted from the values of a water sample before estimating its d-value. Furthermore, the slight differences in excitation and emission wavelengths between the fluorometers might also be partly responsible for the differences in estimated d-values. This is because the humic-like fluorophores determined by each pair of excitation and emission wavelengths may have slightly different thermal quenching properties.



FOM370/440 Turnover in the Indian Ocean and on a Global Scale

In this study, we observed a significant positive correlation between the archetypal AOU and FOM370/440, similar to previous studies (e.g., Catalá et al., 2015b), which indicates that FOM370/440 is produced in the process of microbial respiration in the deep waters (>250 m depth) of the Indian Ocean. The turnover time of FOM370/440 in the Indian Ocean measured by the in situ fluorometer was 410 ± 19 year. The FOM determined from excitation and emission wavelengths of 370 and 440 nm, respectively, is traditionally defined as terrestrial (Coble, 2007). Thus, we can compare the estimated turnover time determined in this study with that of the humic-like FOM component 1 in Catalá et al. (2015b), which was estimated for samples not filtered using a combination of EEM and PARAFAC analyses. Although the sampling in their study was carried out only in the subtropical region of the Indian Ocean (transect centered at ∼40°S) and the meridional sampling coverage in the basin was low, the estimated turnover time of the humic-like FOM component 1 on a global scale was 435 ± 41 years. Comparing our estimate with that of Catalá et al. (2015b), we can conclude that the production rate of this type of humic-like fluorophore per unit oxygen consumption is, on average, similar on a global scale. That is because the respiration rate used in this study is the same as that in Catalá et al. (2015b). The consistency in humic-like FOM turnover time between the two studies also indicates that in situ fluorometer measurements are useful when appropriate corrections and calibrations are applied to the raw data. In addition, the estimate in this study (3.7 × 10–5) is similar to the other estimates of the production rate of this type of humic-like fluorophore per unit oxygen consumption for filtered samples, 3.493 × 10–5 on a global scale (Jørgensen et al., 2011) and 3.9 × 10–5 in the North Pacific Deep Water (Tanaka et al., 2014). We must carefully compare the rates because the former two studies used unfiltered seawater samples and the latter two studies used filtered ones. FDOM characteristics through various pore size of filters are different from each other (Baker et al., 2007; Xu and Guo, 2017; Yang et al., 2020). In addition, the latter two studies did not consider the effect of water mass mixing on the results of AOU and FDOM. However, even though the microbial community in the dark ocean differs between basins, and processing methods also differ (i.e., filtered or not filtered), the production rate per unit oxygen consumption in deep waters appears to be similar on a global scale. The FOM370/440 turnover time (∼400–470 year) is of the same order of magnitude as the circulation age of 716 year in the Indian Ocean (Matsumoto, 2007) and dissolved organic carbon (DOC) aging of ∼200–400 year along the meridional circulation of the Indian Ocean (DOC aging is estimated to be the difference in the 14C age of DOC between Circumpolar Deep Water (CDW) and Indian Deep Water (IDW) (Bercovici et al., 2018). This indicates that this type of humic-like fluorophore is refractory and plays an important role in sequestering reduced carbon in the dark ocean.



Deviation From the Relationship Between Archetypal AOU and FOM370/440

The relationships between AOU and FOM370/440 in the waters (σθ > 27.75 and 27.5 < σθ < 27.75) along the Leg 2 transect (orange and pink dots in Figure 7, respectively) differ from the basin scale relationship. The abyssal waters (σθ > 27.75) are occupied by the AABW (Figures 4, 7) that flow northward from the Southern Ocean. In the course of this northward flow, FOM370/440 production is enhanced, especially along the Leg 2 transect (orange dots in Figure 7). The abyssal waters overturn in the northern Indian Ocean and entrain local intermediate waters (Talley, 2013). The altered abyssal waters, called the IDW, return toward the Southern Ocean (Talley, 2013) in the deep/intermediate waters (27.5 < σθ < 27.75) (Xue et al., 2015), which is mainly occupied by AABW, RSOW, and AAIW (Figure 4). In the course of the southward flow, FOM370/440 and AOU gradually decrease and return to the basin scale relationship (pink dots in Figure 7). Note here that we did not consider CDW due to the following reasons: 1) CDW is derived from a mixture of NADW and AABW (Talley, 2013), and 2) CDW is not from dense waters from a marginal sea or ventilation.

In the abyssal waters (σθ > 27.75), some mechanisms to enhance FOM370/440 production are needed. We propose the following two mechanisms: (1) FOM370/440 is supplied by hydrothermal vents, and (2) additional vertical transport of less labile POM at the northern end of the Indian Ocean, which is located below low oxygen waters (<20 μmol kg–1). For the first mechanism, several hydrothermal vents have been reported along the Central Indian Ridge and the Southwest Indian Ridge in the Indian Ocean (e.g., Kawagucci et al., 2008; Tao et al., 2012). Recently, Nishioka et al. (2013) observed that high dissolved Fe concentrations in the abyssal waters spread up to ∼2000 m depth from the bottom and over 3000 km laterally, at latitudes of ∼5°N–30°S along ∼70°E. They considered that the high dissolved Fe concentrations were derived from hydrothermal vent, while the extensive vertical and lateral spreading of high dissolved Fe concentrations was ascribed to dissolved Fe bound to organic ligands and/or Fe sulfide-bearing nanoparticles. If dissolved Fe bound to organic ligands causes extensive vertical and lateral transport of dissolved Fe in the abyssal Indian Ocean, there is a possibility that FOM370/440 could also be affected by the hydrothermal vents, because humic-like FDOM is likely a major Fe-binding organic ligand in the dark ocean (Laglera and van den Berg, 2009; Yamashita et al., 2020). A few studies indicate that hydrothermal systems act as a sink of DOM (Hawkes et al., 2016; Yang et al., 2017), while some studies indicate that the systems behave as a source of DOM (Yang et al., 2012; Sarma et al., 2018). In this study, the regions were not found where both turbidity and FOM370/440 levels were high along the Leg 2 transect (Figures 6L, 8A). In addition, humic acids are weakly bound to Fe and are considered to be important as Fe ligands on a short time scale (Croot and Heller, 2012) in ocean surface waters. That holds for the intermediate waters in the Pacific (Yamashita et al., 2020), while in the intermediate waters of the Atlantic, the relationship between humic acids and iron solubility are not so strong (Heller et al., 2013). Thus, based on the evidence at hand, the first mechanism might be challenging to explain the deviation.


[image: image]

FIGURE 8. Vertical section of (A) turbidity (FTU) and (B) N* along the Leg 2 transect.


For the second mechanism, fluxes of sinking POM passing through the oxygen-minimum zone (OMZ) are less attenuated compared to those through the oxic zone (Van Mooy et al., 2002), indicating that POM passing through the OMZ is difficult for microbes to decompose. Thus, in the northern Indian Ocean along the Leg 2 transect, POM can be transported more efficiently through the OMZ to abyssal waters compared to elsewhere along the Leg 2 and 3 transects. Even in the abyssal waters where excess FOM370/440 relative to the observed AOU was observed (Figures 6L,N and orange dots in Figure 7), a high turbidity signal was observed north of the Equator (Figure 8A). According to Van Mooy et al. (2002), microbes preferentially use nitrogen-rich amino acids in POM under OMZ-like conditions via denitrification, indicating that more labile constituents of POM are decomposed in these conditions in spite of the bulk organic matter decomposition rate being lower and more POM being transported up to the abyssal waters. Recently, Jørgensen et al. (2014) reported that the production of humic-like FDOM relative to oxygen consumption was enhanced for less labile organic substrates in long term (>1 year) incubation experiments. This mechanism may occur at the northern end of the Leg 2 transect. Although there is no direct evidence that denitrification occurs north of the Equator, there is a region where the DO concentration is less than 20 μmol kg–1 (Figures 6I,J), below which anaerobic microbial processes start (Rixen et al., 2020, in review), and a nitrate deficiency based on N∗ (nitrate – 16∗phosphate +2.9) is observed (Gruber and Sarmiento, 1997; Figure 8B). In the eastern Pacific, where an OMZ exists, similar decoupling of FOM from AOU was found by Catalá et al. (2015b). Thus, this mechanism deserves further examination.




CONCLUSION

We obtained spatially high-resolution FOM370/440 data by using an in situ fluorometer in the Indian Ocean. A temperature dependence correction for the fluorometer and data calibration using the data from manually measured samples were applied. In the temperature dependence correction, measuring null FOM370/440 water, such as Milli-Q water, and subtracting the value from the value of a sample with a given FOM370/440 concentration is important for obtaining the exact temperature coefficient for the linear regression between FOM370/440 fluorescence intensity and temperature.

From the relative proportions of the water masses estimated by the OMPA analyses, we estimated the archetypal FOM370/440 and AOU values for each water mass that was considered in the analyses. We found a linear relationship between the archetypal FOM370/440 and AOU values, indicating that FOM370/440 is produced in the process of microbial respiration in the dark ocean (>250 m). We multiplied the change in FOM370/440 relative to AOU in the relationship by the microbial respiration rate in the dark ocean to estimate the turnover time of FOM370/440 in the Indian Ocean, which was of the same order of magnitude as the circulation age in the Indian Ocean. Our estimate is similar to previous results, indicating that humic-like FOM370/440 measured using an in situ fluorometer is a sink of reduced carbon in the dark ocean and that our correction and calibration of the in situ fluorometer data were successful. Applying the method for an in situ fluorometer attached to a CTD system and an autonomous profiling Bio-Argo float contributes to obtaining more data of humic-like FOM in the open ocean which can be directly compared with each other.

A local deviation from the archetypal FOM370/440 vs. AOU relationship was observed in the abyssal waters of the northern Indian Ocean. This local deviation is hypothesized to be affected by the FOM370/440 supply from hydrothermal vents and the effect of sinking POM altered by denitrification passing through the OMZ on the abyssal FOM370/440 production relative to oxygen consumption. Although the former process is unlikely based on the evidence at hand, these candidate processes to explain the deviation could be proposed using the high-resolution spatial FOM370/440 data obtained by an in situ fluorometer. Proper corrections for the temperature dependence of an in situ fluorometer and appropriate calibration of the corrected data make an in situ fluorometer useful for studying DOM in the ocean.



DATA AVAILABILITY STATEMENT

The data presented in this study are available from the corresponding author upon reasonable request.



AUTHOR CONTRIBUTIONS

MS and HU measured FOM using the benchtop and in situ fluorometers, respectively. MS performed the analyses for the results and prepared the manuscript based on advice from HU, TY, KA, and AM. All authors contributed to the design of the study.



FUNDING

This work was supported by the JSPS KAKENHI Grant Number JP19H04246.



ACKNOWLEDGMENTS

We warmly thank Ms. Yamauchi for assisting us with the shipboard FOM measurements during the MR19-04 research cruise. We also express our thanks to the physical and chemical oceanography marine technicians of Marine Works Japan on the R/V Mirai during MR19-04.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fmicb.2020.589262/full#supplementary-material


FOOTNOTES

1http://cdiac.ornl.gov


REFERENCES

Álvarez-Salgado, X. A., Nieto-Cid, M., Alvarez, M., Perez, F. F., Morin, P., and Mercier, H. (2013). New insights on the mineralization of dissolved organic matter in central, intermediate, and deep water masses of the northeast North Atlantic. Limnol. Oceanogr. 58, 681–696. doi: 10.4319/lo.2013.58.2.0681

Anderson, L. A., and Sarmiento, J. L. (1994). Redfield ratios of remineralization determined by nutrient data-analysis. Global Biogeochem. Cycles 8, 65–80. doi: 10.1029/93GB03318

Andersson, J. H., Wijsman, J. W. M., Herman, P. M. J., Middelburg, J. J., Soetaert, K., and Heip, C. (2004). Respiration patterns in the deep ocean. Geophys. Res. Lett. 31:L03304. doi: 10.1029/2003GL018756

Baker, A. (2005). Thermal fluorescence quenching properties of dissolved organic matter. Water Res. 39, 4405–4412. doi: 10.1016/j.watres.2005.08.023

Baker, A., Elliott, S., and Lead, J. R. (2007). Effects of filtration and pH perturbation on freshwater organic matter fluorescence. Chemosphere 67, 2035–2043. doi: 10.1016/j.chemosphere.2006.11.024

Bercovici, S. K., McNichol, A. P., Xu, L., and Hansell, D. A. (2018). Radiocarbon content of dissolved organic carbon in the South Indian Ocean. Geophys. Res. Lett. 45, 872–879. doi: 10.1002/2017GL076295

Catalá, T. S., Reche, I., Álvarez, M., Khatiwala, S., Guallart, E. F., Benítez-Barrios, V. M., et al. (2015a). Water mass age and aging driving chromophoric dissolved organic matter in the dark global ocean. Glob. Biogeochem. Cycles 29, 917–934. doi: 10.1002/2014GB005048

Catalá, T. S., Reche, I., Fuentes-Lema, A., Romera-Castillo, C., Nieto-Cid, M., Ortega-Retuerta, E., et al. (2015b). Turnover time of fluorescent dissolved organic matter in the dark global ocean. Nat. Comm. 6:5986. doi: 10.1038/ncomms6986

Chen, R. F., and Jeffrey, L. B. (1992). The fluorescence of dissolved organic matter in seawater. Mar. Chem. 37, 191–221. doi: 10.1016/0304-4203(92)90078-O

Chen, W., Westerhoff, P., Leenheer, J. A., and Booksh, K. (2003). Fluorescence excitation-emission matrix regional integration to quantify spectra for dissolved organic matter. Environ. Sci. Technol. 37, 5701–5710.

Coble, P. G. (2007). Marine optical biogeochemistry: the chemistry of ocean color. Chem. Rev. 107, 402–418. doi: 10.1029/2001JC000965

Croot, P. L., and Heller, M. I. (2012). The importance of kinetics and redox in the biogeochemical cycling of iron in the surface ocean. Front. Microbiol. 3:219. doi: 10.3389/fmicb.2012.00219

Emery, W. J., and Meincke, J. (1986). Global water masses: summary and review. Oceanol. Acta 9, 383–391.

Garcia, H. E., Weathers, K., Paver, C. R., Smolyar, I., Boyer, T. P., Locarnini, R. A., et al. (2018). World Ocean Atlas 2018, Vol. 3, Dissolved Oxygen, Apparent Oxygen Utilization, and Oxygen Saturation. Washington, DC: NOAA.

Gruber, N., and Sarmiento, J. L. (1997). Global patterns of marine nitrogen fixation and denitrification. Glob. Biogeochem. Cycles 11, 235–266.

Hansell, D. A., Carlson, C. A., Repeta, D. J., and Schlitzer, R. (2009). Dissolved organic matter in the ocean. A controversy stimulates new insights. Oceanography 22, 202–211. doi: 10.5670/oceanog.2009.109

Hansell, D. A., Carlson, C. A., and Schlitzer, R. (2012). Net removal of major marine dissolved organic carbon fractions in the subsurface ocean. Glob. Biogeochem. Cycles 26:GB1016. doi: 10.1029/2011GB004069

Hawkes, J. A., Hansen, C. T., Goldhammer, T., Bach, W., and Dittmar, T. (2016). Molecular alteration of marine dissolved organic matter under experimental hydrothermal conditions. Geochim. Cosmochim. Acta 175, 68–85.

Heller, M. I., Gaiero, D. M., and Croot, P. L. (2013). Basin scale survey of marine humic fluorescence in the Atlantic: relationship to iron solubility and H2O2. Glob. Biogeochem. Cycles 27, 88–100. doi: 10.1029/2012GB004427

Hong, Y., Du, Y., Qu, T., Zhang, Y., and Cai, W. (2020). Variability of the subantarctic mode water volume in the South Indian Ocean during 2004–2018. Geophys. Res. Lett. 47:e2020GL087830, doi: 10.1029/2020GL087830

Jiao, N., Herndl, G., Hansell, D., Benner, R., Kattner, G., Wilhelm, S., et al. (2010). Microbial production of recalcitrant dissolved organic matter: long-term carbon storage in the global ocean. Nat. Rev. Microbiol. 8, 593–599. doi: 10.1038/nrmicro2386

Johnson, G. C. (2008). Quantifying antarctic bottom water and North Atlantic deep water Volumes. J. Geophys. Res. 113:C05027. doi: 10.1029/2007JC004477

Jørgensen, L., Stedmon, C. A., Granskog, M. A., and Middelboe, M. (2014). Tracing the long-term microbial production of recalcitrant fluorescent dissolved organic matter in seawater. Geophys. Res. Lett. 41, 2481–2488. doi: 10.1002/2014GL059428

Jørgensen, L., Stedmon, C. A., Kragh, T., Markager, S., Middelboe, M., and Søndergaard, M. (2011). Global trends in the fluorescence characteristics and distribution of marine dissolved organic matter. Mar. Chem. 126, 139–148. doi: 10.1016/j.marchem.2011.05.002

Karstensen, J., and Quadfasel, D. (2002). Water subducted into the Indian Ocean subtropical gyre. Deep Sea Res. II 49, 1441–1457. doi: 10.1016/S0967-0645(01)00160-6

Kawagucci, S., Okamura, K., Kiyota, K., Tsunogai, U., Sano, Y., Tamaki, K., et al. (2008). Methane, manganese, and helium-3 in newly discovered hydrothermal plumes over the Central Indian Ridge, 18°-20°S. Geochem. Geophys. Geosyst. 9:Q10002. doi: 10.1029/2008GC002082

Laglera, L. M., and van den Berg, C. M. G. (2009). Evidence for geochemical control of iron by humic substances in seawater. Limnol. Oceanogr. 54, 610–619.

Lawaetz, A. J., and Stedmon, C. A. (2009). Fluorescence intensity calibration using the Raman scatter peak of water. Appl. Spectrosc. 63, 936–940. doi: 10.1366/000370209788964548

Locarnini, R. A., Mishonov, A. V., Baranova, O. K., Boyer, T. P., Zweng, M. M., Garcia, H. E., et al. (2018). World Ocean Atlas 2018, Vol. 1, Temperature. Washington, DC: NOAA.

Matsumoto, K. (2007). Radiocarbon-based circulation age of the world oceans. J. Geophys. Res. 112:C09004. doi: 10.1029/2007JC004095

McKnight, D. M., Boyer, E. W., Westerhoff, P. K., Doran, P. T., Kulbe, T., and Andersen, D. T. (2001). Spectrofluorometric characterization of dissolved organic matter for indication of precursor organic material and aromaticity. Limnol. Oceanogr. 46, 38–48. doi: 10.4319/lo.2001.46.1.0038

Nelson, N. B., and Gauglitz, J. M. (2016). Optical signatures of dissolved organic matter transformation in the global ocean. Front. Mar. Sci. 2:118. doi: 10.3389/fmars.2015.00118

Nelson, N. B., Siegel, D. A., Carlson, C. A., and Swan, C. M. (2010). Tracing global biogeochemical cycles and meridional overturning circulation using chromophoric dissolved organic matter. Geophys. Res. Lett. 37:L03610. doi: 10.1029/2009GL042325

Nishioka, J., Obata, H., and Tsumune, D. (2013). Evidence of an extensive spread of hydrothermal dissolved iron in the Indian Ocean. Earth Planet. Sci. Lett. 361, 26–33. doi: 10.1016/j.epsl.2012.11.040

Pilson, M. E. Q. (1998). An Introduction to the Chemistry of the Sea. Upper Saddle River, NJ: Prentice-Hall.

Rixen, T., Cowie, G., Gaye, B., Goes, J., do Rosario Gomes, H., Hood, R. R., et al. (2020). Present past and future of the OMZ in the northern Indian Ocean. Biogeosci. Discuss doi: 10.5194/bg-2020-82 in review

Sarma, N. S., Kiran, R., Reddy, M. R., Iyer, S. D., Peketi, A., Borole, D. V., et al. (2018). Hydrothermal alteration promotes humic acid formation in sediments: a case study of the central Indian ocean basin. J. Geophys. Res. Oceans 123, 110–130. doi: 10.1002/2017JC012940

Shenoi, S. S. C., Shetye, S. R., Gouveia, A. D., and Michael, G. S. (1993). Salinity extrema in the arabian sea. Mitt. Geol. Palaeont. Inst. Univ. Hamburg SCOPE UNEP Sonderband 76, 37–49.

Spencer, R. G. M., and Coble, P. G. (2014). “Sampling design for organic matter fluorescence analysis,” in Aquatic Organic Matter Fluorescence, eds P. G. Coble, J. Lead, A. Baker, D. M. Reynolds, and R. G. M. Spencer, (Cambridge, MA: Cambridge Iniversity Press), 125–146.

Talley, L. D. (2013). Closure of the global overturning circulation through the Indian, Pacific, and Southern Oceans: schematics and transports. Oceanography 26, 80–97. doi: 10.5670/oceanog.2013.07

Talley, L. D., and Sprintall, J. (2005). Deep expression of the Indonesian Throughflow: indonesian Intermediate Water in the South Equatorial Current. J. Geophys. Res. 110:C10009. doi: 10.1029/2004JC002826

Tanaka, K., Kuma, K., Hamasaki, K., and Yamashita, Y. (2014). Accumulation of humic-like fluorescent dissolved organic matter in the Japan Sea. Sci. Rep. 4:5292. doi: 10.1038/srep05292

Tao, C., Lin, J., Guo, S., Chen, Y. J., Wu, G. H., Han, X., et al. (2012). First active hydrothermal vents on an ultraslow-spreading center: southwest Indian ridge. Geology 40, 47–50. doi: 10.1130/G32389.1

Tomczak, M. (2005). Interannual variations of water mass volumes in the Southern Ocean. J. Atm. Ocean Sci. 10, 31–42. doi: 10.1080/17417530500062838

Tsubouchi, T., Suga, T., and Hanawa, K. (2016). Comparison study of subtropical mode waters in the world ocean. Front. Mar. Sci. 3:270, doi: 10.3389/fmars.2016.00270

Uchida, H., Johnson, G. C., and McTaggart, K. E. (2010). CTD Oxygen Sensor Calibration Procedures. The GO-SHIP Repeat Hydrography Manual: A Collection of Expert Reports and Guidelines Version 1. IOCCP Rep. 14, ICPO Publ. Series 134. Lyon: ICPO.

Uchida, H., Kawano, T., Nakano, T., Wakita, M., Tanaka, T., and Tanihara, S. (2020). An expanded batch-to-batch correction for IAPSO standard seawater. J. Atmos. Oceanic Technol. 37, 1507–1520. doi: 10.1175/JTECH-D-19-0184.1

Van Mooy, B. A. S., Keil, R. G., and Devol, A. H. (2002). Impact of suboxia on sinking particulate organic carbon: enhanced carbon flux and preferential degradation of amino acids via denitrification. Geochim. Cosmochim. Acta 66, 457–465. doi: 10.1016/S0016-7037(01)00787-6

Watras, C. J., Hanson, P. C., Stacy, T. L., Morrison, K. M., Mater, J., Hu, Y.-H., et al. (2011). A temperature compensation method for CDOM fluorescence sensors in freshwater. Limnol. Oceanogr. Methods 9, 296–301. doi: 10.4319/lom.2011.9.296

Wilde, F. D., Sandstrom, M. W., and Skrobialowski, S. C. (2014). “Selection of Equipment for Water Sampling” in the National Field Manual for the Collection of Water-Quality Data. Reston: US Geological Survey.

Xing, X., Morel, A., Claustre, H., D’Ortenzio, F., and Poteau, A. (2012). Combined processing and mutual interpretation of radiometry and fluorometry from autonomous profiling Bio-Argo floats: 2. Colored dissolved organic matter absorption retrieval. J. Geophys. Res. 117:C04022. doi: 10.1029/2011JC007632

Xu, H., and Guo, L. (2017). Molecular size-dependent abundance and composition of dissolved organic matter in river, lake and sea waters. Water Res. 117, 115–126.

Xue, L., Gao, L., Cai, W.-J., Yu, W., and Wei, M. (2015). Response of sea surface fugacity of CO2 to the SAM shift south of Tasmania: regional differences. Geophys. Res. Lett. 42, 3973–3979. doi: 10.1002/2015GL063926

Yamashita, Y., Lu, C.-J., Ogawa, H., Nishioka, J., Obata, H., and Saito, H. (2015). Application of an in situ fluorometer to determine the distribution of fluorescent organic matter in the open ocean. Mar. Chem. 177, 298–305. doi: 10.1016/j.marchem.2015.06.025

Yamashita, Y., Nishioka, J., Obata, H., and Ogawa, H. (2020). Shelf humic substances as carriers for basin-scale iron transport in the North Pacific. Sci. Rep. 10:4505. doi: 10.1038/s41598-020-61375-7

Yamashita, Y., and Tanoue, E. (2008). Production of bio-refractory fluorescent dissolved organic matter in the ocean interior. Nat. Geosci. 1, 579–582. doi: 10.1038/ngeo279

Yang, L., Hong, H., Guo, W., Chen, C.-T. A., Pan, P.-I., and Feng, C.-C. (2012). Absorption and fluorescence of dissolved organic matter in submarine hydrothermal vents off NE Taiwan. Mar. Chem. 12, 64–71. doi: 10.1016/j.marchem.2011.10.003

Yang, L., Zhang, J., Liu, K., and Yang, G.-P. (2020). Spatiotemporal variability, size and photoreactivity of chromophoric dissolved organic matter in the Bohai Sea and the northern Yellow Sea. J. Mar. Sys. 205:103316.

Yang, L., Zhuang, W.-E., Chen, C.-T. A., Wang, B.-J., and Kuo, F.-W. (2017). Unveiling the transformation and bioavailability of dissolved organic matter in contrasting hydrothermal vents using fluorescence EEM-PARAFAC. Water Res. 11, 195–203.

You, Y. (2002). Quantitative estimate of Antarctic Intermediate Water contributions from the Drake Passage and the southwest Indian Ocean to the South Atlantic. J. Geophys. Res. 107:3031, doi: 10.1029/2001JC000880.

Zweng, M. M., Reagan, J. R., Seidov, D., Boyer, T. P., Locarnini, R. A., Garcia, H. E., et al. (2018). World Ocean Atlas 2018, Vol. 2, Salinity. Washington, DCNOAA.


Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2020 Shigemitsu, Uchida, Yokokawa, Arulananthan and Murata. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.











	 
	ORIGINAL RESEARCH
published: 20 January 2021
doi: 10.3389/fmicb.2020.570081





[image: image]

Longitudinal and Vertical Variations of Dissolved Labile Phosphoric Monoesters and Diesters in the Subtropical North Pacific

Tamaha Yamaguchi1,2*, Mitsuhide Sato2,3, Fuminori Hashihama4, Haruka Kato4, Takanori Sugiyama4, Hiroshi Ogawa5, Kazutaka Takahashi2 and Ken Furuya2,6

1Fisheries Resources Institute, Japan Fisheries Research and Education Agency, Yokohama, Japan

2Department of Aquatic Bioscience, Graduate School of Agricultural and Life Sciences, The University of Tokyo, Tokyo, Japan

3Graduate School of Fisheries and Environmental Sciences, Nagasaki University, Nagasaki, Japan

4Department of Ocean Sciences, Tokyo University of Marine Science and Technology, Tokyo, Japan

5Atmosphere and Ocean Research Institute, The University of Tokyo, Chiba, Japan

6Graduate School of Science and Engineering, Soka University, Tokyo, Japan

Edited by:
Federico Baltar, University of Vienna, Austria

Reviewed by:
Karin M. Björkman, University of Hawai‘i, United States
David Michael Karl, University of Hawai‘i, United States
Johanna Sjöstedt, Lund University, Sweden

*Correspondence: Tamaha Yamaguchi, yamaguchit@affrc.go.jp

Specialty section: This article was submitted to Aquatic Microbiology, a section of the journal Frontiers in Microbiology

Received: 06 June 2020
Accepted: 30 October 2020
Published: 20 January 2021

Citation: Yamaguchi T, Sato M, Hashihama F, Kato H, Sugiyama T, Ogawa H, Takahashi K and Furuya K (2021) Longitudinal and Vertical Variations of Dissolved Labile Phosphoric Monoesters and Diesters in the Subtropical North Pacific. Front. Microbiol. 11:570081. doi: 10.3389/fmicb.2020.570081

The labile fraction of dissolved organic phosphorus (DOP) – predominantly consisting of phosphoric esters – is an important microbial P source in the subtropical oligotrophic ocean. However, unlike phosphate, knowledge for labile DOP is still limited due to the scarcity of broad and intensive observations. In this study, we examined the concentrations and size-fractionated hydrolysis rates of labile phosphoric monoesters and diesters along a >10,000 km longitudinal transect in the North Pacific (23°N; upper 200-m layer). Depth-integrated monoesters decreased westward with a maximum difference of fivefold. Vertical profiles of monoesters in the eastern and western basins showed decreasing and increasing trends with depth, respectively. The monoester-depleted shallow layer of the western basin was associated with phosphate depletion and monoesterase activity was predominant in the large size fraction (>0.8 μm), suggesting that monoesters are significant P sources particularly for large microbes. In contrast, diester concentrations were generally lower than monoester concentrations and showed no obvious horizontal or vertical variation in the study area. Despite the unclear distribution pattern of diesters, diesterase activity in the particulate fraction (>0.2 μm) increased in the phosphate-depleted shallow layer of the western basin, suggesting that the targeted diesters in the assay were also important microbial P sources. Diesterase activities in the dissolved fraction (<0.2 μm) were not correlated with ambient phosphate concentrations; however, cell-free diesterase likely played a key role in P cycling, as dissolved diesterase activities were substantially higher than those in the particulate fraction. The horizontal and vertical variability of labile monoesters in the subtropical North Pacific were therefore predominantly regulated by P stress in particularly large microbes, whereas the distributions of labile diesters and diesterase activities were generally independent of microbial P stress, indicating a more complex regulation of diesters to that of monoesters.
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INTRODUCTION

Dissolved organic phosphorus (DOP) comprises a significant portion of dissolved phosphorus (P) in the surface layer of the subtropical ocean (Paytan and McLaughlin, 2007; Karl and Björkman, 2015). Since phosphate is scarce at nanomolar levels therein (Wu et al., 2000; Hashihama et al., 2009), DOP plays an important role as an alternative P source for microbes. DOP is predominantly mediated by microbes – mainly phytoplankton – in the surface layer through processes such as cell excretion, exudation, and release from damaged cells (Kuenzler, 1970; Orrett and Karl, 1987; Young and Ingall, 2010). Thus, DOP comprises various organic P compounds involved in living organisms, including phospholipids, nucleic acids, and sugar phosphates (Karl and Björkman, 2015). Based on their chemical structures, DOP compounds are typically grouped into phosphoric esters and phosphonates and phosphoric esters contribute the highest proportion (80–85%) to the total DOP pool in various oceanic regions (Young and Ingall, 2010).

In general, microbes express alkaline phosphatases and hydrolyze phosphoric esters under P limitation to meet their cellular P demands (Kuenzler and Perras, 1965; Yentsch et al., 1972). Compiled field studies have also demonstrated a distinct elevation of monoesterase activity (MEA) under low phosphate conditions in both the Atlantic and Pacific Oceans (Mahaffey et al., 2014 and references therein). Based on these findings, the labile fraction of phosphoric monoesters has been considered as an important P source for microbes, and studies have increasingly reported the distribution of monoesters in the oligotrophic ocean (Moutin et al., 2008; Duhamel et al., 2010; Suzumura et al., 2012; Hashihama et al., 2013, 2019; Sato et al., 2013; Vidal et al., 2018; Yamaguchi et al., 2019). Although the examined oceanic regions and depths are still limited, monoester concentrations are mostly below or around the detection limit in the upper 100-m layer and contribute a small proportion of the total DOP pool.

However, the application of highly sensitive colorimetry identified significant regional variability in the vertical profiles of nanomolar monoesters. Studies have revealed increasing and decreasing trends with depth in the western North Pacific (Hashihama et al., 2013) and the central North Pacific (Yamaguchi et al., 2019), respectively. Furthermore, from a horizontal viewpoint, lower monoester concentrations in conjunction with lower phosphate concentrations were observed in the subtropical North Pacific (Hashihama et al., 2013, 2019; Yamaguchi et al., 2019), whereas higher monoester concentrations in conjunction with lower phosphate concentrations were observed in the subtropical and temperate North Atlantic (Vidal et al., 2018). These results reflect the complex regulation of labile monoesters in the global oceans. It is therefore necessary to further investigate the distribution of labile monoesters in various environmental circumstances.

Here diesters as well as monoesters are important components of the bioavailable fraction of phosphoric esters. They are an essential component of cell membranes and nucleic acids in living organisms and likely play a significant role in the biologically mediated DOP. The scarcity of diesters (Vidal et al., 2018; Yamaguchi et al., 2019) and the stimulation of diesterase activity (DEA) under phosphate-depleted conditions (Sato et al., 2013; Yamaguchi et al., 2019) suggest that diesters are also important microbial P sources. However, most studies have focused on the distributions of monoesters, while the dynamics of diesters in the subtropical ocean are still poorly understood.

Compared to studies on the distribution of labile phosphoric ester concentrations, alkaline phosphatase activities have been investigated as an indicator of microbial P stress since the early times (Perry, 1972; Hoppe, 2003; Karl, 2014). As alkaline phosphatases are expressed by all living organisms (Karl, 2014), it is ecologically important to identify the specific organisms particularly utilizing phosphoric esters. The size fractionation of samples is an effective approach to reveal this point; however, studies reporting multiple separations of particulate-associated MEA and DEA are still limited in the open ocean (Vidal et al., 2003; Hoch and Bronk, 2007; Duhamel et al., 2010). Furthermore, dissolved enzyme activities, which are discriminated from the particulate enzyme activities, provide additional information on the current or recent P-specific physiological states of microbes due to the relatively long lifetime of cell-free dissolved alkaline phosphatases (Li et al., 1998; Baltar et al., 2013). To date, the reported dissolved phosphatase activities vary considerably from 6 to 100% of the bulk phosphatase activity in the North Pacific (Hoch and Bronk, 2007; Duhamel et al., 2010, 2011; Sato et al., 2013); however, the controlling factors of this high fluctuation remain unclear.

In this study, we examined the concentrations and size-fractionated hydrolysis rates of monoesters and diesters in the subtropical North Pacific to elucidate the underlying mechanisms influencing the dynamics of labile phosphoric ester. The study area covered a distinct longitudinal gradient of ambient phosphate concentrations (Hashihama et al., 2009; Martiny et al., 2019); this enabled us to verify the ubiquity of previously reported characteristics of labile phosphoric esters under various P-specific conditions throughout the subtropical ocean.



MATERIALS AND METHODS


Field Observations and Environmental Parameters

Field observations were conducted during the KH-17-4 cruise (August 12 to October 5, 2017) on-board the R/V Hakuho-Maru. Three stations were located off the California coast and 12 stations were located in the subtropical North Pacific along a 23°N transect (Figure 1). The stations along the transect were separated at intervals of approximately 10° longitude. Vertical profiles of light intensity were measured using a Hyper Profiler (Satlantic LP, Halifax, NS, Canada) and depths corresponding to 25, 10, 1, and 0.1% of the surface light intensity were determined. Depth profiles of temperature were measured using an SBE 911 plus conductivity-temperature-depth (CTD) system (Sea-Bird Electronics, Inc., Bellevue, WA, United States). Water samples were collected using an acid-cleaned bucket or 12-L Niskin-X bottles fitted with a rosette system attached to the CTD.
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FIGURE 1. Location of stations during the KH-17-4 cruise (August–October 2017).




Chl a Concentrations and Microbial Community Structure

Chlorophyll a (Chl a) samples were collected from 16 layers in the upper 200-m layer, including 10 fixed depths, 5 light depths, and a subsurface chlorophyll maximum (SCM) layer. The SCM layer was determined from in situ Chl a fluorescence measurements using a fluorometer equipped to the CTD system. Samples were filtered on 25-mm GF/F filters, and Chl a concentrations were determined fluorometrically (Welschmeyer, 1994) using a fluorometer (10AU Field and Laboratory Fluorometer; Turner Design, San Jose, CA, United States) after extraction in N, N-dimethylformamide (Suzuki and Ishimaru, 1990).

Microbial community structures were determined at the same 5 light depths as the Chl a measurements. Samples were measured on-board immediately after sampling without cell fixation using a flow cytometer (CyFlow Space; Sysmex Partec, Germany). SYBR Green I was applied for staining bacterial cells, and autofluorescent cells were grouped into Prochlorococcus, Synechococcus, nanoeukaryotes, and picoeukaryotes.



Dissolved Nutrients and Data Collection

We analyzed the nanomolar level nitrate + nitrite (N+N) and phosphate at Stations 4–17 using a highly sensitive colorimetric method (Hashihama et al., 2009). Unfiltered seawater samples were collected in 30 mL polypropylene tubes (Sarstedt, Nümbrecht, Germany) and analyzed on-board immediately after sampling. The detection limit was 3 nM for both N+N and phosphate. Arsenic interference on phosphate determination was negligible because it was below the detection limit (Hashihama et al., 2013). For micromolar level analyses, samples were collected from all stations in 10-mL acrylic spitz tubes and kept at −20°C until analysis on land using an AACS-II autoanalyzer (SPX FLOW Technology, Norderstedt, Germany). Micromolar level data sets were obtained at Stations 2 and 3 and for samples exceeding 1 μM by the sensitive method. Due to the lack of nutrient data sets for several depths at Station 3, we assumed their concentration based on the interpolation of the vertical depth profiles.

As for the determination of labile monoesters and diesters, we applied an enzymatic hydrolysis method (Suzumura et al., 1998; Hashihama et al., 2013; Yamaguchi et al., 2019)

on 30 mL of unfiltered seawater samples. In brief, two types of working enzyme solutions were prepared containing monoesterase (P-4252; Sigma-Aldrich) or [mono- + diesterase (Phosphodiesterase I; Worthington)] at final concentrations of 0.2 U mL–1. Samples were added with either of the working enzyme solutions, 0.5 M Tris buffer solution, and 5 M sodium azide solution. Samples were then frozen to terminate enzyme activity after 5 h of dark incubation at 30°C. Nanomolar monoester and diester concentrations were measured as phosphate concentrations increased from blank samples (Hashihama et al., 2009). Blank samples were prepared in a similar manner but without the addition of working enzyme solution and Tris buffer. Finally, the results were corrected for sample dilution by the added reagents and phosphate contamination therein. Phosphate contamination was determined using MAGIC seawater (Karl and Tien, 1992) as a phosphate-free matrix. The detection limit for monoester and diester concentrations was 3.4 nM (Yamaguchi et al., 2019), and the precision was ±1.7 nM (Hashihama et al., 2013). The hydrolysis efficiency of this determination method was previously evaluated using several known phosphoric esters (Hashihama et al., 2013; Yamaguchi et al., 2019).

Total dissolved phosphorus (TDP) concentrations were measured by the persulfate oxidization decomposition method (Hansen and Koroleff, 1999). TDP samples were filtered through precombusted GF/F filters (450°C, 3 h) into polypropylene tubes and kept frozen at −20°C until analyses on land. Decomposed TDP concentrations were measured as phosphate at the nanomolar level when the background phosphate concentrations were below 500 nM. Therefore, the data sets were partly lacking at stations with high ambient phosphate concentrations. DOP concentrations were defined as TDP minus phosphate.

All nutrient samples were generally collected at the same 16 depths as the Chl a samples at all stations. Nutrient concentrations below the detection limit were considered 0 nM when calculating their means and integrals, and when producing plots via Ocean Data View. For convenience, the zero values were substituted by the detection limit when deriving the non-linear power function regressions.

The data and methodologies from 12 references on enzymatically hydrolyzed labile phosphoric esters in various aquatic environments are summarized in Table 1. In the absence of precise information on raw values, they were estimated from the provided graphs and bar charts using WebPlotDigitizer Version 4.2 (Ankit Rohatgi, San Francisco, CA, United States).


TABLE 1. Summary data of labile phosphoric esters.
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Kinetic Parameters of Alkaline Phosphatase Activity

Samples for alkaline phosphatase activities were collected from the same 5 light depths at all stations. Potential Vmax, Km, and turnover times (Tn) of bulk MEA and DEA were determined by multiple-concentration assays (Sato et al., 2013). Two types of artificial fluorescent substrates were applied – 4-methylumbelliferyl phosphate (MUP; Thermo Fisher) and bis-MUP (Chem-Impex Int. Inc.) – and 50 μM of each stock solution was prepared separately in autoclaved 3.5% NaCl aqueous solution. The stock solutions were then kept frozen until later use. Either of these stock solutions was added separately to 2.5 mL of unfiltered seawater to final concentrations of 0.1, 0.5, 1, or 2 μM for the MEA assay and 0.1, 0.5, 1.5, 3, or 4 μM for the DEA assay. Blank samples were prepared in the same manner without the addition of fluorescent substrates.

The fluorescence intensities of hydrolyzed products (4-methylumbelliferone, MUF) were measured using a spectrofluorometer (FP-8200; JASCO, Tokyo, Japan). Measurements were taken immediately after substrate addition and several times during the 9–11 h of dark incubation at in situ temperatures to ensure linear hydrolysis rates. MUF standard solutions were prepared at each sampling station using GF/F filtered surface seawater as a solvent. The standard solutions were incubated in the same manner as the other samples, and the MUF standard curves were obtained at each measuring time point.

Based on the time-course hydrolysis rates, we calculated the Vmax and Km for MEA and DEA by curve fitting the Michaelis–Menten equation using the “Ligand binding” package in SigmaPlot 9.0 (Systat Software Inc., San Jose, CA, United States) (p < 0.05). However, the derived Vmax and Km for DEA were partly insignificant due to poor regression. Therefore, we estimated the missing DEA Vmax data from the relevant hydrolysis rates at the highest bis-MUP concentration as they showed a linear relationship with the corresponding DEA Vmax data (p < 0.001, data not shown) within the data set deriving significant regression curves. The potential Tn of MUP and bis-MUP, identified as those of in situ monoesters and diesters, were derived by dividing Km by Vmax (Labry et al., 2005).

Three size fractions of MEA and DEA were determined at all stations except for Station 17: (1) the dissolved fraction (<0.2 μm; MEAdis, DEAdis), (2) the small particulate associated fraction (0.2–0.8 μm; MEAsmall, DEAsmall), and (3) the large particulate associated fraction (>0.8 μm; MEAlarge, DEAlarge). Seawater samples were filtered through DISMIC filters (ADVANTEC, Japan), and the same fluorescent substrates were added to final concentrations of 2 and 4 μM for the MEA and DEA assay, respectively. Incubation and measurement procedures were done similarly to those above and the proportion of each fraction to the bulk hydrolysis rate was calculated. Note that the results of the size-fractionated DEA at Station 11 were excluded as outliers because they were unaccountably higher than the bulk DEA.



RESULTS


Environmental Descriptions and Regional Divisions

The northeastern three stations off the California coast (Stations 2–4) were clearly distinguishable from other stations, showing typically low temperature (Figure 2A). Moreover, shoaling of nutriclines was notable at Stations 2 and 3, resulting in a shallow SCM above 70-m depth (Figures 2B–D). We observed a westward increase in temperature along the 23°N transect (Figure 2A), and the water column stratification was similar for all stations west of 160°W. N+N concentrations were mostly depleted (<5 nM) in the upper 100-m layer, and the concentrations around the bottom of the euphotic zone decreased westward (Figure 2C). A similar trend in the deeper layers was also observed for phosphate concentrations (Figure 2D). However, phosphate concentrations showed a distinct east-west gradient, with severe depletion (<3 nM) in the shallow layer (defined hereafter as ≤75 m) at Stations 13–17. The SCM located adjacent to the nitracline at 100 to 135-m depth (Figure 2B).
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FIGURE 2. Distributions of (A) temperature, (B) chlorophyll a concentrations, (C) nitrate+nitrite concentrations, and (D) phosphate concentrations. Light depths of 10% and 0.1% are indicated by white bold and dashed lines, respectively.


We observed similar geographical contrasts in microbial community structure between the northeastern and the subtropical regions. Synechococcus, nanoeukaryotes, and picoeukaryotes were substantially higher in abundance among the phytoplankton community at Stations 2 and 3, whereas the proportion of Prochlorococcus abundance was higher in the subtropical region including Station 4 (Figure 3). Heterotrophic bacteria, Synechococcus, and picoeukaryotes were frequently observed in the upper euphotic zone (defined hereafter as ≥10% light intensity), while Prochlorococcus and nanoeukaryotes generally peaked at 1% light depth in the subtropical region (Figure 3). Based on the distributions of inorganic nutrients, SCM depths, and microbial community compositions, we divided the study area into the northeastern (Stations 2 and 3) and subtropical (Stations 4–17) regions.
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FIGURE 3. Distributions of the cell abundances of (A) heterotrophic bacteria, (B) Prochlorococcus, (C) Synechococcus, (D) nanoeukaryotes, and (E) picoeukaryotes.




Distributions of DOP Compounds

Labile monoester concentrations ranged from undetectable levels to 41 nM, averaging 16 ± 9 nM (n = 198) (Figure 4A). The depth-integrated monoesters above 150 m gradually decreased westward, following the east-west gradient in phosphate concentrations. We observed a maximum fivefold difference between Stations 7 and 15 (Figure 5A). As we observed no longitudinal variation in the depth-integrated monoesters below 75 m (Smirnov-Grubbs test, p > 0.05), the east-west variability likely resulted from the fluctuation of monoester concentrations in the shallow layer, whose depth-integrated values showed an increase against surface phosphate concentrations (Figure 6A). Monoester concentrations were generally below 10 nM in the shallow layer of the phosphate-depleted region (Stations 13–17) and were particularly depleted at Station 15 (Figure 4A).
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FIGURE 4. Distributions of (A) monoester, (B) diester, and (C) dissolved organic phosphorus (DOP) concentrations. Light depths of 10% and 0.1% are indicated by white bold and dashed lines, respectively.
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FIGURE 5. Distributions of the depth-integrated amount of (A) monoester, (B) diester, and (C) dissolved organic phosphorus (DOP). At the two eastern stations 4 and 6, these parameters were integrated only above 110 and 104 m, respectively, due to lacking data sets.
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FIGURE 6. Relationships between surface phosphate concentrations vs. depth-integrated (A) monoester concentrations and (B) monoesterase activity (MEA) above 75 m. Filled circles represent the results obtained in this study (Stations 4–17), whereas crosses are those from Yamaguchi et al. (2019).


The vertical profiles of monoester concentrations also demonstrated longitudinal variability. Monoester concentrations were high around the sea surface and decreased with depth in the eastern half of the transect (Stations 4–12) (Figure 4). They were significantly negatively correlated with depth at each station, and these vertical profiles were opposite to those of other inorganic nutrients (Figure 2). In contrast, significant positive correlations were observed at Stations 13–15. Interestingly, the regression coefficients were significantly negatively correlated with surface phosphate concentrations (Figure 7). From this non-linear regression, the threshold surface phosphate concentration separating the depth-negative and depth-positive correlation of monoesters was 10 nM. Monoester concentrations subtly increased with depth at Stations 16 and 17, although the correlation was not significant.
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FIGURE 7. Relationship between surface phosphate concentrations vs. regression coefficients derived between monoester concentrations and depths at stations 4–15. Filled circles represent the results obtained in this study, whereas crosses are those from Yamaguchi et al. (2019).


Labile diester concentrations ranged from undetectable levels to 21 nM (n = 200) (Figure 4B). Over 90% of samples were under the detection limit and the average value calculated from detectable results was 8 ± 4 nM (n = 17). Due to this scarcity, the depth-integrated diesters were an order of magnitude lower than that of monoesters (Figure 5B), and the diester concentrations showed no obvious geographical variation (Figure 4B).

Dissolved organic phosphorus concentrations showed an opposite depth profile to that of phosphate (Figure 4C), and the depth-integrated concentrations were particularly high at Stations 8–10 (Figure 5C). The DOP:TDP ratio gradually increased westward, reaching above 90% in the phosphate-depleted region (Stations 13–17) (Supplementary Figure S1A). The average contribution of monoester and diester concentrations to the total DOP was 11 ± 8% and 1 ± 4%, respectively. In the shallow layer, monoester:DOP ratios were lowest in the western region (Stations 13–17), followed by the mid-region (Station 8–12), and highest in the eastern region (Station 4–7) (Kruskal–Wallis test, p < 0.01; Supplementary Figure S1B).



Distributions of Alkaline Phosphatase Activities

Monoesterase activity Vmax and Tn varied between 0.075 and 2.6 nmol L–1 h–1 (mean 0.50 ± 0.43 nmol L–1 h–1, n = 89) and 4–431 days (mean 64 ± 61 days, n = 89), respectively. MEA was generally upregulated in the upper euphotic zone of the study area (Figure 8A) and was significantly negatively correlated with phosphate concentrations (p < 0.001) (Figure 9A). The enhancement of MEA under low phosphate conditions was also notable from the depth-integrated MEA in the shallow layer (Figure 6B). MEA was particularly high exceeding 1 nmol L–1 h–1 at Stations 15–17 (Figure 8A), with a notably short Tn below 10 days. MEA was also high at Station 3, although Tn was substantially longer (>85 days) than in the phosphate-depleted region (Stations 13–17). In addition, MEA was significantly negatively correlated with monoester concentrations (Supplementary Figure S2); however, two data sets were identified as outliers due to their large residual errors exceeding 2σ.
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FIGURE 8. Distributions of monoesterase activity (MEA), diesterase activity (DEA), and the proportion of size-fractionated enzyme activities; (A,E) bulk enzyme activities in whole seawater samples, (B,F) enzyme activities in large size fraction (>0.8 μm), (C,G) enzyme activities in small size fraction (0.2–0.8 μm), and (D,H) enzyme activities in the dissolved fraction (<0.2 μm).
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FIGURE 9. Relationships between phosphate concentrations vs. (A) monoesterase and (B) diesterase activities (MEA and DEA Vmax) obtained at all stations.


The size fractionation of enzyme assays revealed that MEAlarge accounted for the largest proportion of the bulk MEA on average (48 ± 26%; n = 70), whereas MEAsmall and MEAdis showed similar average contributions of 26 ± 24% and 26 ± 16%, respectively. The contributions of MEAlarge and MEAsmall showed mostly inverse vertical trends throughout the study area and dominated the bulk MEA in the upper and deeper (≤1% light intensity) euphotic zones, respectively (Figures 8B,C). Exceptions to these trends were observed in the northeastern region (Stations 2 and 3) where MEAdis showed the highest contribution in the upper euphotic zone relative to MEAlarge (Figure 8D). From a horizontal viewpoint, the MEAsmall contribution increased whereas the MEAlarge contribution decreased in the upper euphotic zone of the phosphate-depleted region (Stations 13–17) (Figures 8B,C). The MEAdis contribution was consistently low throughout the subtropical region; however, we observed a slight increase in the upper euphotic zone of the phosphate-depleted region (Figure 8D).

Diesterase activity Vmax and Tn varied between 0.006 and 0.31 nmol L–1 h–1 (mean 0.13 ± 0.064 nmol L–1 h–1, n = 89) and 956–1529 days (mean 1268 ± 210 days, n = 15), respectively. Note that DEA Tn was seldom determined due to the poor fitting of regression curves for uncertain reasons. Unlike the features of MEA, DEA was rarely upregulated at the sea surface and peaked around 10% light depth in the phosphate-depleted region (Stations 13–17) (Figure 8E). Furthermore, DEA increased with depth, particularly in the eastern half of the study area (Stations 2–10). Thus, we identified no significant relationship between the bulk DEA and phosphate concentrations (Figure 9B).

The characteristics of size-fractionated DEA were also distinct from those of MEA. Notably, DEAdis was the dominant fraction of the bulk DEA accounting for 85 ± 24% (n = 64) on average, whereas DEAlarge and DEAsmall accounted for only 13 ± 17% and 12 ± 14% on average, respectively. Both the percentage and absolute values of DEAlarge and DEAsmall were significantly negatively correlated with phosphate concentrations (Supplementary Figure S3), except for the excluded high-value DEAsmall outlier at Station 2. However, DEAlarge and DEAsmall showed different distributions in the subtropical region: DEAlarge was high at Stations 6–8 and 15–16, whereas DEAsmall was notable at Stations 9–14.



DISCUSSION


Quantification of Bioavailable DOP

To date, several methodologies, including enzymatic degradation, photodegradation, and estimation from radiotracer uptake, have been developed to quantify the bioavailable DOP pool considering its importance to the physiological ecology and biogeochemical cycles. However, there is still a fundamental caveat in these methodologies as the components of the determined fractions are mostly unknown. This leads to a query of whether they are actually utilized in situ and to what extent they account for the genuine bioavailable DOP. Moreover, the ratios of quantified amounts of labile DOP against total DOP largely depend on their methodological definitions. For example, these ratios tend to be higher when determined by photodegradation (average: 67%, Karl and Yanagi, 1997) and radiotracer experiments (average: 24%, Björkman et al., 2000) than by enzymatic degradation (average: 12%, this study) in the North Pacific. Moreover, even though enzymatic degradation is intended for phosphoric ester detection, the substrate specificity of enzymes is inevitably involved (Turner et al., 2002; Hashihama et al., 2013); therefore, our results should be regarded as the “minimum” values of the labile phosphoric ester pool. Thus, the unidentified DOP fraction in this study cannot be recognized as completely refractory as it likely involves both refractory and undetectable labile phosphoric esters, as well as bioavailable polyphosphates and phosphonates (Björkman and Karl, 1994; Dyhrman et al., 2006).



Dynamics of Monoesters


Regulation of Monoester Distribution

Our basin-scale investigation is the first to report the geographical variations of phosphoric monoester and diester concentrations along a vast longitudinal transect in the subtropical North Pacific. Despite the narrow range and low values at nanomolar levels of monoester concentrations in our study area, we observed an obvious geographical gradient and identified novel features in the phosphate-replete eastern subtropical North Pacific. The distribution patterns were most likely regulated by ambient phosphate concentrations. Severe phosphate depletion (under ca. 10 nM) in the shallow layer of the western basin led to an extremely low level of monoesters, resulting in a depth-increasing profile. In contrast, higher phosphate concentrations in the shallow layer of the eastern basin led to higher monoester concentrations, resulting in a depth-decreasing profile.

Within our study area, Stations 13–17 were severely P-limited due to the exhaustion of phosphate in the shallow layer. This phosphate depletion was accompanied by severely low monoester concentrations below 10 nM. Simultaneously, high MEA in the upper euphotic zone (Figures 8A, 9A) clearly demonstrated the active utilization and exhaustion of monoesters as alternative microbial P sources; this most likely induced the depth-increasing trends of monoesters at Stations 13–15. The depth-increasing trend was relatively obscure in the westernmost region (Stations 16 and 17); however, we assume that these depth profiles were a derivative of the neighboring distribution patterns, as the monoester concentrations in the shallow layer were similarly low (Figure 4A).

In the eastern basin (Stations 4–12), monoester concentrations in the shallow layer increased in line with the eastward increase in ambient phosphate concentrations (Figures 2D, 4A). However, the increase in monoester concentrations cannot be simply explained by the fluctuation of total DOP alone, as we identified differences in the spatial variability of maximum DOP concentrations and monoester:DOP ratios (Figure 5C and Supplementary Figure S1B). Thus, labile monoesters were likely regulated by a different mechanism to that of the remaining fraction of total DOP. Because the standing stock of monoesters results from the equilibrium of both consumption and production processes, it is difficult to fully understand the dynamics due to lack of either data. However, when considering the significant depth-decreasing trend in monoester concentrations at all eastern stations, the relatively low MEA in the upper euphotic zone therein (Figure 8A) may have in part contributed to the possible imbalance and subsequent net accumulation of monoesters in the shallow layer.



Comparisons of Monoester Distributions Between Various Oceanic Regions

As summarized in Table 1, there have been several studies providing both vertical and horizontal distribution data of monoesters in the North Pacific (Table 1). While previous studies were limited to the central or western North Pacific, our study provides the data for the phosphate-replete eastern subtropical region. Moreover, our study covers a wider range of surface phosphate concentrations compared to previous studies, varying from undetectable levels to 280 nM (Table 1). Despite the variable range in ambient phosphate concentrations, monoester concentrations fell within the range of previous studies (Table 1); this suggests that monoester concentrations are consistently low at the nanomolar level in the subtropical ocean. In contrast, monoester concentrations are occasionally higher than 100 nM in non-pelagic regions (Table 1).

The characteristics of monoester distribution in the severely phosphate-depleted region in this study (i.e., low concentrations in shallow layers and the depth-increasing trends) were mostly consistent with those of previous studies conducted in the western North Pacific (Suzumura et al., 2012; Hashihama et al., 2013). This suggests that monoester distribution patterns are generally ubiquitous in this region. However, monoester concentrations were not completely exhausted in the findings reported by Suzumura et al. (2012) (Table 1), and their results differed to those of Hashihama et al. (2013), despite being conducted at the same sites and on the same cruise. These differences are likely due to discrepancies in their methodologies – such as applying sample filtration and monoesterase of different origins (Table 1). The origins of phosphatases are particularly essential because the pH optima and substrate specificities are known to differ among enzymes (Bünemann, 2008).

Under phosphate-replete conditions, we found an increase in the residual monoester concentrations with increasing ambient phosphate concentrations. This trend was consistent with the surface monoester concentrations reported along a longitudinal transect conducted in the winter (Sato et al., 2013; Hashihama et al., 2019; Table 1). Similar parameters were collected in these studies, and their sampling locations partly overlapped with ours which corresponded to Stations 10–14. From the paired comparisons, there was no obvious seasonality in monoester concentrations, as well as in phosphate and total DOP. MEA was significantly higher in our summer study (Wilcoxon signed-rank test, p < 0.05), although the fluctuation was within a moderate range. Therefore, the impact of MEA seasonality on the standing stock of P compounds was assumed to be small in the central North Pacific. However, because the comparable data sets were limited to particular seasons and depths, intensive seasonal investigations are recommended for further verification.

On the other hand, the coupled increase between phosphate and monoesters was not fully applicable to other previous studies in the central North Pacific and eastern South Pacific (Moutin et al., 2008; Duhamel et al., 2010; Yamaguchi et al., 2019). This was likely because the reported monoester concentrations in these studies were occasionally lower than expected when referring to our data at similar levels of surface phosphate concentrations (Table 1 and Figure 4A). Furthermore, Vidal et al. (2018) reported increasing monoester concentrations with decreasing phosphate concentrations in the North Atlantic, which is in contrast with the longitudinal trend observed in this study (Figure 4A).

However, the findings of each study cannot be adequately compared due to significant differences in the methodologies (Table 1). Firstly, for those lacking the addition of azide solution (Moutin et al., 2008; Duhamel et al., 2010), monoester concentrations are likely underestimated by bacterial uptake of released phosphate during sample incubation. This is because azide solution prevents bacterial activity (Feuillade and Dorioz, 1992) without interfering with phosphatase activities (Suzumura et al., 1998). Secondly, the sampling conditions by Vidal et al. (2018) varied significantly from those of ours, particularly with regards to limited sampling depths, the assayed fraction, and the use of monoesterases of different origins. Nevertheless, these studies provide a significant perspective on monoester dynamics, and further investigations and data collection are therefore necessary to minimize the existing methodological biases.

In contrast, our methodology was basically identical to that of Yamaguchi et al. (2019), as well as the aforementioned winter studies (Sato et al., 2013; Hashihama et al., 2019; Table 1). The horizontal and vertical characteristics of monoester distributions in both studies were partly consistent, with increasing depth-integrated monoester concentrations under phosphate-rich conditions (Figure 6A; Yamaguchi et al., 2019). Here monoesters were integrated above 75 m when considering the longitudinal variability revealed in this study (Figure 5A). From a vertical viewpoint, Yamaguchi et al. (2019) also reported higher monoester concentrations in the upper 100-m layer, and their regression coefficients against depth were plotted close to the curve obtained in this study (Figure 7). However, only 2 out of 8 stations showed significant depth regressions (Yamaguchi et al., 2019) although the surface phosphate concentrations were thoroughly above the threshold (Table 1). In addition, the depth-integrated monoesters were relatively lower than those observed in this study, despite the similar range of surface phosphate concentrations (Figure 6A). This suggests that the residual monoester concentrations in the shallow layer was not as large as expected in Yamaguchi et al. (2019). As the depth-integrated MEA above 75 m were generally similar between the two studies (Figure 6B), the obscure depth-decreasing trend of monoesters in the central North Pacific was probably caused by low monoester net production and not by their increased hydrolysis in the shallow layer.



Distribution of Size-Fractionated MEA

Based on the size fractionation of phosphatase activities, the major monoester consumers were present in the large size fraction (>0.8 μm) in the upper euphotic zone of the subtropical region (Stations 4–17). This size class most likely consists of Synechococcus, nanoeukaryotes, and others including microplankton groups and particle aggregates. The dominance of MEAlarge in the subtropical region was rather unique because MEAdis contributed over 65% of the bulk MEA in the central North Pacific (30–32°N; Duhamel et al., 2010). In contrast, MEA associated with the small size fraction (0.2–0.6 μm) contributed over 40% of the bulk MEA in the tropical North Pacific (10–17°N; Hoch and Bronk, 2007). Nevertheless, a latitudinal shift in the dominant MEA size class was reported in the Atlantic from 10° to 30° in both N and S, varying from MEAsmall to MEAlarge and then to MEAdis (Vidal et al., 2003). Therefore, the high proportion of MEAlarge in this study can be interpreted as a specific feature along the 23°N transect, although further latitudinal investigations are required.

Compared with MEAlarge, the proportion of MEAsmall – which likely consists of Prochlorococcus and heterotrophic bacteria – relatively increased in the upper euphotic zone of the western basin. This may be due to an increased abundance and/or increased P demand of these small microbes relative to larger communities. In the upper euphotic zone, the abundance of heterotrophic bacteria was mostly higher than that of Prochlorococcus in both cell counts and estimated carbon biomass at factors of 6.3 and 35.4 fg C cell–1, respectively (Kawasaki et al., 2011). Moreover, cell-specific phosphate uptake rates of heterotrophic bacteria were reported to be lower than those of Prochlorococcus in the oligotrophic ocean (Michelou et al., 2011; Björkman et al., 2012), inferring a higher sensitivity of heterotrophic bacteria to P stress. Thus, the increased proportion of MEAsmall in the upper euphotic zone indicates the preferential utilization of monoesters by heterotrophic bacteria under low phosphate conditions in the western basin.

As previously mentioned, Li et al. (1998) proposed a hypothetical model to estimate the history of microbial P limitation based on the balance of phosphatase activity between the dissolved and particulate fraction. According to their assumption, high MEAdis with low particulate MEA indicates “recent relief” from P limitation on microbes (Li et al., 1998). This is because the lifetime of dissolved monoesterase is assumed to be longer than that of microbes, lasting for more than several days and weeks (Li et al., 1998; Baltar et al., 2013). Moreover, high MEAdis with high particulate MEA indicates persisting P limitation, whereas low MEAdis with high particulate MEA indicates recent P limitation (Li et al., 1998). In this sense, the relatively low contribution of MEAdis throughout the subtropical region with a mean of 23% (Figure 8D) indicates some degree of microbial P-deficiency across the study area, including the phosphate-replete eastern basin, and the moderate increase of MEAdis in the western basin is consistent with the severe P limitation implicated from other parameters.

Despite the large geographical gradient in ambient phosphate concentrations, MEAdis seldom exceeded 50% of the bulk MEA in the subtropical region. We therefore could not explain the high variance of MEAdis reported in previous studies (Vidal et al., 2003; Hoch and Bronk, 2007; Duhamel et al., 2010, 2011; Sato et al., 2013). In particular, Vidal et al. (2003) reported a high proportion of MEAdis (40–100%) in the severely phosphate-depleted subtropical North Atlantic (Wu et al., 2000; Martiny et al., 2019). In this case, the dominance of MEAdis cannot be interpreted as recent relief from P limitation. A possible explanation is the difference in the subcellular localization of enzymes in different gene families (Luo et al., 2009), with enhanced extracellular expression of PhoX phosphatase relative to PhoA and PhoD types. Moreover, a major diazotroph Trichodesmium was reported to enrich the transcription of PhoX in the Atlantic and PhoA in the Pacific (Rouco et al., 2018). It is therefore necessary to improve our understandings of the phosphatase gene families to clarify the variability of dissolved MEA in the subtropical ocean.

The northeastern region (Stations 2 and 3) likely have different mechanism for the regulation of MEA expression from that in the subtropical region. As the northeastern region was characterized by a distinct microbial composition and a shallow SCM, the high MEAdis observed in the upper euphotic zone was likely liberated from these microbial communities. Moreover, the dominance of MEAlarge in the deeper euphotic zone may be interpreted as MEA associated with sinking particles due to the high biomass in the upper layer. When considering the relatively high ambient phosphate concentrations and the long Tn, the high bulk MEA likely resulted from the remineralization of dissolved and particulate organic matters for the acquisition of carbon rather than P. This assumption is supported by previous studies reporting high bulk MEA in nutrient-rich environments such as the deep sea (Koike and Nagata, 1997; Hoppe and Ullrich, 1999) and coastal areas (Taga and Kobori, 1978; Hoppe, 2003; Labry et al., 2016).



Dynamics of Diesters


Distribution and Regional Comparisons of Diester Concentrations

A notable limitation currently exists in the diester methodology: the DEA assay targets semi-labile diester compounds, while the determination of diester concentrations targets a different group of in situ labile diester compounds (Yamaguchi et al., 2019). This discrepancy is inevitably caused by enzyme substrate specificity, as Phosphodiesterase I cannot hydrolyze the artificial fluorescent substrate bis-MUP applied in the DEA assay (Yamaguchi et al., 2019). In contrast, Phosphodiesterase I is known to fully hydrolyze DNA (Suzumura et al., 1998; Turner et al., 2002) and p-nitrophenyl thymidine 5′−monophosphate (Yamaguchi et al., 2019). As a result, the current common enzyme assay would underestimate in situ DEA, and the determined in situ labile diester concentrations are likely to involve nucleic-acid-like diester compounds.

Unlike monoesters, labile diester concentrations were mostly below the detection limit throughout the study area, despite the longitudinal gradient in ambient phosphate concentrations. The diester distribution was therefore assumed to be independent of phosphate, monoesters, and DOP. The observed scarcity of diesters in the study area is possibly due to either or both low production rates or high consumption. Although we lack the actual flux data, diesters were at least assumed to possess potentially high bioavailability (Yamaguchi et al., 2019), based on the shorter Tn of involved nucleic acids (<1 day, Brum, 2005) relative to that of monoesters herein (>4 days). Moreover, the Tn of phosphate in the North Pacific is likely to fall below 1 day when ambient phosphate concentrations are approximately below 10 nM (Björkman et al., 2018). Therefore, labile diesters are possibly the preferential P sources across the transect, regardless of ambient phosphate concentrations.

Our results are consistent with the findings of previous studies in other pelagic regions, with diesters fluctuating at extremely low levels under 40 nM (Table 1; Vidal et al., 2018; Yamaguchi et al., 2019). Diester concentrations are higher in non-pelagic regions, reaching above 230 nM (Table 1; Suzumura et al., 1998; Monbet et al., 2009), and this trend was similar to that of dissolved DNA (Karl and Bailiff, 1989 and references therein) as well as monoesters. Diester concentrations were generally lower than monoester concentrations (Table 1), except in Tokyo Bay (Suzumura et al., 1998), despite their large variability among different aquatic environments. It is therefore necessary to obtain further data to accurately determine the distinct and common features of labile diesters between regions and elucidate the underlying mechanisms.



Distribution of Size-Fractionated DEA

The bioavailability of semi-labile diesters indicated from the DEA assay was substantially lower than those of labile diesters and monoesters, as DEA was generally an order of magnitude lower than MEA. The estimated Tn of semi-labile diesters also exceeded 950 days, which was significantly longer than those of monoesters in this study and nucleic acids (Brum, 2005). Compared with the upregulation of MEA, DEA under low phosphate conditions was considered to be moderately upregulated from the absence of a clear relationship between the bulk DEA and phosphate (Figure 9B). These characteristics as well as the low bioavailability of semi-labile diesters in this study were consistent with previous studies in the North Pacific (Sato et al., 2013; Yamaguchi et al., 2019). However, the biomass-normalized DEA from these studies and the particulate-associated DEA in this study were both stimulated under phosphate-depleted conditions. These results demonstrate the importance of semi-labile diesters as alternative P sources in the subtropical ocean.

The distribution pattern of size-fractionated DEA highlights the differences in the regulation of diesterase and monoesterase. The high dominance of DEAdis in this study suggests that they significantly contribute to the cycling of semi-labile diesters in the subtropical North Pacific. As the upregulation of particulate-associated DEA under phosphate depletion was masked by the fluctuation of DEAdis, the high proportion of DEAdis can therefore be used as a proxy for past P stress – similar to that of MEAdis (Li et al., 1998), although the lifetime of diesterase and their subcellular locations are not yet fully understood.

DEAlarge and DEAsmall were sensitive to the depletion of ambient phosphate concentrations (Supplementary Figure S3); however, their geographical variations were not coupled with those of MEAlarge and MEAsmall, respectively (Figure 8). These results are confusing, as the subsequent hydrolysis of ester bonds by monoesterase to diesterase is essential for the complete removal of P from diesters. In addition, we did not observe a coupling between the distributions of DEAlarge and DEAsmall, indicating that the utilization of semi-labile diesters benefited different microbial communities across the study area. For instance, the notable DEAsmall at Station 2 coincided with a high abundance of picoeukaryotes (Figures 3E, 8G). Although we could not provide a robust explanation for these phenomena, the diesterase regulation appears to be more complex than monoesterase regulation, and we therefore recommend the application of size fractionation in DEA assay to verify on-going P stress in the pelagic oceans and to determine the microbial communities associated with diester utilization.



CONCLUSION

This study revealed the geographical variability of various dissolved P compounds and alkaline phosphatase activities to assess microbial DOP utilization across a vast region covering the low latitudinal area in the North Pacific Ocean. Our basin-scale observation demonstrated a novel and fundamental characteristic of labile monoester distribution to show a longitudinal variability and depth-dependent profiles, which were most likely regulated by ambient phosphate concentrations. Monoesters were predominantly utilized by large microbes including phytoplankton, although they likely benefited heterotrophic bacteria particularly under phosphate-depleted conditions. Labile diesters were consistently scarce throughout the study area, and the cell-free DEA were significant in the remineralization of semi-labile diesters. While the regulatory mechanisms of phosphoric esters in our study may not be fully applicable to other local oceanic regions, we believe that our findings significantly contribute to the current understanding of marine P cycle and are beneficial for further laboratory and field investigations to elucidate the production processes of phosphoric esters.
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About 20% of the organic carbon produced in the sunlit surface ocean is transported into the ocean’s interior as dissolved, suspended and sinking particles to be mineralized and sequestered as dissolved inorganic carbon (DIC), sedimentary particulate organic carbon (POC) or “refractory” dissolved organic carbon (rDOC). Recently, the physical and biological mechanisms associated with the particle pumps have been revisited, suggesting that accepted fluxes might be severely underestimated (Boyd et al., 2019; Buesseler et al., 2020). Perhaps even more poorly understood are the mechanisms driving rDOC production and its potential accumulation in the ocean. On the basis of recent conflicting evidence about the relevance of DOC degradation in the deep ocean, we revisit the concept of rDOC in terms of its “refractory” nature in order to understand its role in the global carbon cycle. Here, we address the problem of various definitions and approaches used to characterize rDOC (such as turnover time in relation to the ocean transit time, molecule abundance, chemical composition and structure). We propose that rDOC should be operationally defined. However, we recognize there are multiple ways to operationally define rDOC; thus the main focus for unifying future studies should be to explicitly state how rDOC is being defined and the analytical window used for measuring rDOC, rather than adhering to a single operational definition. We also conclude, based on recent evidence, that the persistence of rDOC is fundamentally dependent on both intrinsic (chemical composition and structure, e.g., molecular properties), and extrinsic properties (amount or external factors, e.g., molecular concentrations, ecosystem properties). Finally, we suggest specific research questions aimed at stimulating research on the nature, dynamics, and role of rDOC in Carbon sequestration now and in future scenarios of climate change.
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INTRODUCTION

Marine ecosystems play a central role in global biogeochemical cycles and climate by sequestering carbon (C) in the deep ocean. Air/sea gas exchange processes are mainly responsible for anthropogenic dissolved inorganic carbon (DIC) sequestration, particularly at high-latitudes where cold surface waters have increased gas solubility and a fast overturning to the deep ocean (the so-called “solubility pump”; SP). However, biotic processes, such as mediated by the “biological carbon pump” (BCP), explain the majority (ca. 90%) of the vertical distribution of natural DIC in the water column. During the ocean transit time the SP sequesters DIC via global overturning circulation, while biotic processes store carbon in the deep ocean either as DIC, sedimentary particulate organic carbon (POC) or dissolved organic carbon (DOC). The amount of DOC in oceanic waters amounts to ca. 660 million metric tons of carbon (660 Pg C), comparable to the CO2 currently present in the atmosphere (860 Pg C) (Hansell, 2013; Friedlingstein et al., 2019). DOC is the largest reservoir of reduced C in the oceanic water column, holding > 200 times the C inventory of marine biomass (Hansell, 2013; Figure 1). This mass is comparable to the amount of particulate organic C (POC) accumulated in marine sediments (about 1,000 Pg C) in the last 5,000–10,000 years (Perdue and Benner, 2009). A large fraction of this DOC pool is apparently “non-accessible” or “resistant” to rapid microbial degradation, leading to the adjective “refractory” to describe it (rDOC). Due to its large inventory (ca. 640 Pg C) and long-term stability (Dittmar, 2015), rDOC is one of the cornerstones in marine organic C sequestration (Figure 1). However, despite the importance of this pool, there are conflicting views and unclear uses of the term “refractory”; these inconsistent connotations impede communication and interpretation of research results and thus projections of C fluxes and sequestration. In this respect, Hansell (2013) commented on the confusing nomenclature used for defining this major DOC fraction:
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FIGURE 1. Diagram showing major carbon stocks in the ocean, including a list of the main factors affecting reactivity of the refractory (rDOC) pool. The DOC inventory in the global ocean is ca. 662 Pg C (Hansell, 2013). The POC/marine biota pool is ca. 18 P g C, including 1–3 Pg C phytoplankton, 0.1 Pg C zooplankton, 0.1 Pg C bacteria and 15 Pg C of detritus (Perdue and Benner, 2009). Short-lived DOC has a pool size of about 20 Pg C (662–642 Pg C). DIC: dissolved inorganic carbon, DOC, dissolved organic carbon; POC, particulate organic carbon; urDOC, ultra-refractory DOC; rDOC, refractory DOC; srDOC, semi-refractory DOC; slDOC, semilabile DOC; lDOC, labile DOC.


“The problem is exemplified in the denotations of a word commonly used by the marine science community, “refractory” (…). The marine science community does not employ the word by its denotation, nor has it agreed on a common connotation. As an adjective, refractory has described the resistance of organic matter to biological remineralization (…) and to chemical oxidation (…), and has been used to characterize DOC that accumulates during culture incubations (…). It has been alternatively employed as a noun in naming the oldest and most abundant fraction of DOC in seawater (…). These forms of DOC do not have identical reactivities, yet they have all been termed refractory.”

To address this issue, Hansell (2013) introduced a classification of the DOC pool based on its lifetime or reactivity: labile, semi-labile, semi-refractory, refractory, and ultra-refractory DOC, each of which is characterized by distinctive ocean residence times. Although this classification has proven useful in the study of oceanic DOC, it has not completely avoided the core problem, which is the use of the term “refractory” as a one-fits-all word for different and frequently non-complementary properties/characteristics related to DOC reactivity. Another way of addressing the reactivity of DOC is to use the DOC continuum concept instead of using a number of DOC pools based on its reactivity (Zakem et al., 2021). Several studies have discussed DOC reactivity in terms of compounds with a continuum of first order decay rates, e.g., in sediments (Boudreau and Ruddick, 1991; Middelburg et al., 1993) and lake water (Vähätalo et al., 2010; Koehler et al., 2012).

Yet, a major reason precluding a robust definition and utilization of the adjective “refractory” in describing DOC is our limited knowledge of its complex nature. The current conceptual framework explaining the mechanisms governing the formation and mineralization of rDOC is the “size-reactivity continuum model.” This model refers to the inverse relationship between the molecular size of DOC components and their bioavailability, i.e., larger size classes of DOC are more bioavailable to heterotrophic microbes than the bulk of small molecules (Amon and Benner, 1996). Consistent with this model, based on laboratory incubations with natural microbial communities, studies of the chemical composition and radiocarbon (Δ14C) content confirm that the complexity and age of DOC increases with decreasing molecular size (Walker et al., 2016; Broek et al., 2020.). This relationship suggests that microbial degradation controls the size distribution and the nature of the small DOC molecules persisting in the ocean (Benner and Amon, 2015; Walker et al., 2016; Broek et al., 2020). Advances in mass spectrometry (i.e., Fourier transform ion cyclotron resonance mass spectrometry, FT-ICR-MS) reveal an astonishing diversity of molecules in the DOC pool, with thousands of different molecular formulae (Lechtenfeld et al., 2014; Hansman et al., 2015; Zark and Dittmar, 2018). These analyses do not capture the full extent of the molecular diversity and complexity of molecules comprising rDOC because FT-ICR-MS analyses require previous isolation of DOC from seawater; the commonly used solid phase extraction methods are chemically selective, typically recovering less than half of the total DOC. Mass spectrometry also requires ionization of the molecules, creating a further bias (Patriarca et al., 2020). It is worth mentioning that the experiments referred to for the “size-reactivity continuum model” include very few size fractions (i.e., 2 fractions inAmon and Benner (1996), Martínez-Pérez et al. (2017), Broek et al. (2020) and 4 fractions in Walker et al. (2016), which is similar to a bulk group approach (refractory vs. labile). However, also these approaches have methodological limitations such as size fractions determined by the pore size of the membranes used.

To understand the term “refractory,” it is important to consider three approaches currently used to characterize the pool: (1) the pool’s longevity (e.g., Hansell, 2013); (2) the occurrence of specific molecular compositions and structures (i.e., molecular properties) possibly unrecognizable by prokaryotic enzymes or requiring many enzymes to degrade it, hence yielding a low energetic benefit (Jiao et al., 2010; Lechtenfeld et al., 2015); and (3) the extreme dilution of individual compounds, precluding energetically efficient degradation (Arrieta et al., 2015). It is generally assumed that these “typologies” are complementary, meaning that when we refer to one, the other two are included (Figure 2A). However, this is not necessarily the case as, for instance, there are examples of complex organic compounds that, although requiring hundreds of enzymes to be degraded, are consumed within days under certain conditions (Sichert et al., 2020). Astonishingly, few actual molecules constituting DOM have been isolated and their reactivity tested (Hertkorn et al., 2006; Geuer et al., 2019; Petras et al., 2021). Moreover, the term rDOC is strongly dependent on ecosystem properties, with compounds being “refractory” in one and degraded in other environments or conditions (Ward et al., 2013; Bianchi et al., 2018; Figure 1). For example: (i) ultraviolet radiation can transform DOC compounds from recalcitrant to bioavailable and vice versa (Benner and Biddanda, 1998; Obernosterer et al., 1999; Mopper et al., 2015; Shen and Benner, 2018; Sun et al., 2021); (ii) “Priming,” with the addition of highly bioavailable compounds, may result in enhanced degradation of more refractory compounds (Bianchi, 2011; Shen and Benner, 2018), although the process is controversial outside of soil science (Catalán et al., 2015; Bengtsson et al., 2018); (iii) rDOC that is resistant to degradation by the microbial community of a given ecosystem can be utilized by microbes of another ecosystem (Carlson et al., 2004; Shen and Benner, 2018); (iv) hydrostatic pressure can deform enzymes, making them less effective in cleaving substrates (Penniston, 1971); (v) sorption and aggregation with “(in)organic particles” might hamper degradation in specific settings while stimulating degradation in others similar to soil (Keil and Mayer, 2014). Labile compounds might become less reactive if adsorbed to clay or held under anaerobic conditions, such as with ancient DNA (Lützow et al., 2006). Likewise, sinking particles release DOC (Lopez et al., 2020), and perform non-selective preservation, particularly when ballasted with terrigenous minerals (Druffel et al., 1992; Hedges et al., 2001). Thus, taken together, what apparently is “refractory” for a particular environment, population or community is not necessarily in a “stable state” or inert (Figure 1). This outcome is not surprising bearing in mind that biochemical reactions always require certain conditions, whether it is due to their activation energy (affected by catalysts/enzymes), their state (gas/water/ice) or the availability of reactants (concentration). The challenge now resides in bringing the empirical evidence back into chemical and biochemical theory (Kothawala et al., 2020).
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FIGURE 2. Diagram showing different levels of relationship of three currently employed characteristics, properties and definitions (i.e., 1, 2, and 3) of “refractory” DOC (see text for details): (A) the case in which the three definitions are complementary, (B) the case where the three definitions are sometimes complementary for some compounds under specific environmental conditions. Part (A) is empirical, part (B) is conceptual. The ultimate goal of our research is represented by the integrative part (C), related to biochemical theory for individual molecules.


Collectively, these examples indicate that the three descriptors of “refractory” DOC do not always refer to the same property. Therefore, a better representation of their relation/association may be a Venn diagram (Figure 2), where in some cases two or more descriptions fit the same compound whereas at other times or in other environments there will be no complementarity whatsoever. While definition (1) is “operational,” definitions (2) and (3) are more “conceptual.” Definition (1) is easier to apply by both microbiologists and biogeochemists. For a microbiologist, rDOC would be the fraction that escapes degradation at the end of the experiment (which ideally should last several years). For a biogeochemist, rDOC is the fraction that has a turnover time that exceeds the transit time of the water mass under study, which can last from months in the coastal ocean to about one thousand years in the deep open ocean (Carlson et al., 2010; Lønborg and Álvarez-Salgado, 2012). Although definitions (2) and (3) can be complementary, they can also exclude each other. If a molecule is unaltered by biological or geochemical processes it will be refractory independent of its concentration. In contrast, very labile molecules such as amino acids can be preserved only if they are extremely diluted at ca. 10–12 mol L–1 (Williams, 2000). At this point, it becomes clear that we not only have a clear gap of knowledge on the real nature of rDOC, but also contrasting perspectives depending on our approach to studying and interpreting the DOM transformation (i.e., microbiologists vs. geochemists). These differing perspectives are a pressing problem that we need to resolve for understanding oceanic DOC.

Early studies of DOC reactivity (Ogura, 1970, 1972) defined rDOC as “not easily utilized by microorganisms.” Based on this definition, there are many types of rDOC compounds in the major nonliving reservoirs of organic matter (aquatic and terrestrial). Refractory organic matter is considered resistant to biodegradation but it is not considered inert. If, by definition, we assume that rDOC is not significantly degraded on a time scale of decades to millennia (Hansell, 2013), and that the pool is biologically produced (Jiao et al., 2010; Legendre et al., 2015; Osterholz et al., 2015), either steady state or accumulation of rDOC over time would be plausible. Yet, to fully address this question of net DOC accumulation in the global ocean we would need to know the drivers and mechanisms of rDOC production and removal. Ocean mixing and circulation are important for transporting rDOC to different areas of the ocean where conditions may be favorable for removal (Hansell and Carlson, 2013). It might be that the ocean overall is in “steady state” (i.e., sources equal long-term sinks). Geochemical evidence indicates that the rDOC pool in the ocean undergoes slow degradation (time scales of deep ocean circulation or longer), but is renewed at the time scale of surface ocean circulation (Hansell, 2013). This description is supported by recent evidence from microbiologists on rDOC production rates indicating that it is produced faster than it is consumed. For instance, recent laboratory experiments show that natural bacterial communities (Lechtenfeld et al., 2015) and marine archaeal isolates (Bayer et al., 2019) produce significant amounts of carboxyl-rich alicyclic molecules (CRAM) over a period of weeks. The CRAM may be key contributors to the rDOC pool (Hertkorn et al., 2006). CRAM has been shown to be removed in hydrothermal vent systems (Hawkes et al., 2015), although the water flux in vent systems appears to be too low to explain the apparent steady state (Hawkes et al., 2015). A further example is petroleum: it is preserved for millions of years; however, when it seeps from sediments it is rapidly degraded by marine microbes (Valentine et al., 2010). Another such example is the microbial degradation and utilization of formate to sustain microbial growth, even though the molecule offers an extremely low energy yield (Dolfing et al., 2008). In any case, if rDOC is mostly non-degradable, one should expect “recently” produced rDOC to be a dominant and potentially accumulating fraction of DOC in the global ocean. According to global ocean model results, keeping the deep ocean rDOC pool in steady-state requires the injection of 0.043 Pg C year–1 from the surface ocean (Hansell, 2013). However, a biological production of rDOC ranging between 0.1 and 0.2 Pg C year–1 has been recently suggested (Legendre et al., 2015; Walker et al., 2016), which would point to the non steady-state of rDOC or that currently unknown sinks balance the pool. The annual increase of the 640 Pg C pool of rDOC at these latter rates would be 0.02–0.03% (0.13–0.19 Pg C year–1) or 1.0–1.5% (6.4–9.6 Pg C) in 50 years, which is within the current error of the DOC measurements. Hence, we might not observe accumulation because the current measurements of DOC are not sufficiently sensitive.

Another consideration is the interpretation of bulk DO14C ages: if 30% of the DOC pool turns over in 1 year and the remaining 70% turns over in 8,000 years, the average age of the DOC pool will turn over in 5,600 years—a commonly observed age of bulk DOC in the deep ocean. Also, there are several sources of 14C-dead organic carbon to the ocean (e.g., petroleum seeps, hydrates, riverine discharge, etc.), further complicating the use of 14C to determine the age of bulk DOC. Recent bioassay experiments indicate some deep ocean rDOC components are very resistant to microbial utilization due to their molecular properties (Shen and Benner, 2020), but different approaches are needed to determine whether these components are refractory to microbial removal over time scales of decades to centuries.

Based on the examples provided above, it is clear that there is a “terminology issue” that needs to be considered. The interested research community seeks to understand the controls on C sequestration (in other words, “refractory” compounds) while not really knowing what defines the reservoir. Given this conundrum, the word “refractory” should be used within the realm of current methodology and understanding. The inconsistent use of words leads to confusion, which makes it difficult to explore and quantify C sequestration.

This analysis shows that we still know very little about the refractory (strictly speaking) nature of DOC in the deep ocean. Is remineralization of DOC constrained by the composition and structure of the molecules, by concentration, by temperature, by hydrostatic pressure or by a combination of all factors to varying degrees? Recent studies have demonstrated microbial degradation of more recalcitrant compounds having higher temperature sensitivity, suggesting that ocean warming could reduce the rDOC pool size and lead to the production of CO2 (Lønborg et al., 2016, 2018). Another issue is that bacterial growth is stimulated upon decompression of deep-water samples, even if in situ temperature is maintained, indicating that relieving deep-sea microbial communities from hydrostatic pressure stimulates DOC consumption (Amano et al. unpubl. data).

These few examples highlight our lack of knowledge on the ability of microbes to remineralize DOC, and the need to properly define/delimit rDOC. We propose that the word “refractory” should be operationally defined (e.g., any form of organic carbon that sequesters CO2 for a period longer that the ocean transit time under in situ conditions). It is important to recognize that this operational definition includes removal of rDOC by abiotic as well as biotic processes. Abiotic removal processes include sorption, photochemical degradation and thermal combustion in hydrothermal vent systems (Hansell, 2013; Hansell and Carlson, 2014). The term rDOC should be operational mainly because it is empirical, and because of the various potential removal processes and the varying capacity of microbes to degrade it (i.e., with respect to different species, molecular properties, dilution effects, temperature, hydrostatic pressure, etc.). DOC research is generally fraught with vague terminology (e.g., humic-like, labile, autochthonous), posing major challenges in comparing different studies and for large-scale data synthesis. The methodological approaches used to characterize oceanic rDOC have constantly expanded and diversified to keep pace with the growing interest in rDOC over the years. Thus, rDOC is an emergent property that is also operationally defined by the approach and/or method we use to quantify and characterize it. Therefore, we argue that the main focus in unifying future studies should be to explicitly state how rDOC is being defined and the analytical window used for measuring the pool, rather than adhering to a single operational definition. Leaving space for multiple (but clearly described) definitions of rDOC would promote collaborative efforts and allow for more efficient data synthesis. An empirical definition of “refractory” will prove useful because the DOC pool is a black box; theories about how it reacts or is degraded remain challenging to formulate. Nevertheless, we advocate for more theoretical approaches aiming to explain this resistance based on molecular structure (Kothawala et al., 2020). This suggestion is unlikely to lead to an unambiguous decision on whether a molecule is “refractory or not,” but rather a determination as to “how refractory each molecule is.” Whether we treat rDOC as reactivity groups or continua we will still reach the same solution: DOC is a mixture of a very large number of low concentration compounds, each exhibiting specific reactivity (decay rate and conditions required). Thus, critical knowledge could be gained from focusing on specific molecules.

Finally, to determine the relative importance of the variety of mechanisms contributing to accumulation and/or maintenance of the rDOC pool, we encourage pursuing the following research topics, all of which require close collaboration between microbiologists and biogeochemists:

(i)  Cross-comparison among different analytical methods for isolation and characterization of rDOC in the ocean for understanding the possible unifying characteristics and molecular structure of rDOC.

(ii) Focus on the mechanisms of production and removal of rDOC in intermediate and deep-water formation areas.

(iii) Studies linking chemical diversity of rDOC to microbial diversity, identifying associations between the production and removal of rDOC with specific bacterial and archaeal groups (Osterholz et al., 2016).

(iv) Determine how climate change-related drivers, such as warming, intermediate and deep-water formation, global thermohaline circulation, acidification and deoxygenation might affect rDOC production/degradation from a multi-stressors perspective.

(v) Test via FT-IC-MS (Lehmann et al., 2020) whether the molecular diversity (number of molecular formulas) of bulk rDOC is too high to make it energetically rewarding to degrade, despite that the individual compounds might be easily degraded, as suggested for soil organic matter (Lehmann et al., 2020).

(vi) Reconcile the calculations of theoretical extreme dilution (10–12 mol L–1) with the actual fraction of molecules at such concentrations in the deep ocean.

(vii) Investigate multi-substrate and low-concentration transport mechanisms in meso- and bathypelagic microorganisms by combining microbial rate measurements in situ with –omics approaches.

New knowledge gained in such studies will reduce the gap in our understanding of organic carbon sequestration. That knowledge is required for a robust prediction of the responses of the marine C cycle in the light of climate change.
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Site Incubation Nutrient? Bacteria cell Phytoplankton DOC NO, + NO3 PO, PAR Water

number [x108 cell number [wM] [wM] [wM] [mol m—2 temperature
cells mL~1] [x10% cells mL~] day~1] [°C]
Subtropical 2016 Jul  Noadd 0.90 (0.03) 0.38(0.06) 72.6 (0.9) n.d. n.d. 64.5 27.5
Pacific Ocean Add 1.2 (0.04) 0.89(0.12) 81.8(0.7) n.d. n.d. 45.8 26.0
Shimoda 2016 Aug  No add 0.57 (0.05) 17 (1.6) 86.5 (1.3) n.d. n.d. 22.0 27.0
Add 6(0.02) 5.2(0.10) 108.8 (0.7) n.d. n.d. 24.2 27.0
2018 Apr  Noadd 5(0.02) 1.5 (0.04) 85.4(1.2) 1.2(0.00)  0.20(0.00) 21.4 25.0
Misaki 2017Sep  Noadd 6(0.10) 2.6 (0.03) 104.8(3.1) 4.8(0.01)  0.65(0.01) 19.4 27.5
Add 1(0.06) 20(0.17) 106.4 (0.7) 5.4 (0.01)  0.30(0.00) 215 27.5

a“No add” and "Add” of nutrient mean the natural seawater and the nutrient added seawater, respectively.
SEs are shown in parentheses.
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Nutrient? Increase rate Turnover rate Cross decrease rate Turnover rate

[x10~% R.U. day~"] (TRi) [day~"] [x10~% R.U. day~"] (TRd®) [day~"]
Subtropical Pacific Ocean 2016 Jul No add 7.9 0.22 7.2 0.20
Add 11 0.27 5.9 0.14
Shimoda 2016 Aug No add 16 0.074 13 0.063
Add 18 0.088 14 0.069
2018 Apr No add 61 0.22 31 0.11
Misaki 2017 Sep No add 20 0.043 89 0.19
Add 36 0.091 20 0.051

a“No add” and “Add” of nutrient mean the natural seawater and the nutrient added seawater, respectively.
DRI (turnover rate calculated by the increase rate) was estimated as the ratio of the increase rate and the fluorescence intensity of sample B.
®TRd (turnover rate calculated by the gross decrease rate) was estimated as the ratio of the gross decrease rate and the fluorescence intensity of sample B.
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Family Name STW MTW M Amino M Syn M Syn M Syn

lysatepp;  lysatepp, acid lysate lysatepp, exudatepp;
Copiotroph  Gammaproteobacteria_Alteromonadales_Alteromonadaceae 1.55 0.51 -0.87 0.55 0.53 0.37
Gammaproteobacteria_Vibrionales_Vibrionaceae 0.00 0.00 4.48 0.08 —-0.02 —0.02
Alphaproteobacteria_Rhodobacterales_Rhodobacteraceae -1.08 —0.07 245 0.82 0.23 0.00
Flavobacteriia_Flavobacteriales_Flavobacteriaceae —-0.85 0.25 —0.08 0.34 171 338
Gammaproteobacteria_Oceanospirillales_Oceanospirillaceae 0.00 —0.60 1.88 243 0.01 —0.13
Alphaproteobacteria_Rhodospirillales_Rhodospirillaceae -1.13 —0.11 —0.32 1.54 —0.26 —0.39
Gammaproteobacteria_Oceanospirillales_Oleiphilaceae 0.00 0.00 -3.10 —-234 —-234 —-234
Gammaproteobacteria_Alteromonadales_Pseudoalteromonadaceae 0.32 0.00 0.00 0.90 282 361
Alphaproteobacteria_Sphingomonadales_Erythrobacteraceae —0.76 0.46 —-4.30 0.00 0.00 0.13
Gammaproteobacteria_Alteromonadales_Shewanellaceae 0.00 0.00 0.00 0.00 4.48 0.00
Oligotroph  Planctomycetacia_Planctomycetales_Planctomycetaceae 0.00 —0.58 —-0.84 -1.33 -1.07 -1.04
Alphaproteobacteria_SAR11_clade_SAR11_Ib -1.11 —0.61 -0.75 -1.31 —0.56 -0.62
Alphaproteobacteria_SAR11_clade_SAR11_la —2.24 —-0.14 —0.43 -0.18 —-0.18 —0.18
Alphaproteobacteria_Caulobacterales_Hyphomonadaceae 0.31 0.36 -219 0.00 0.00 0.31
Gammaproteobacteria_Oceanospirillales_Alcanivoracaceae —0.49 —-0.41 —4.31 —-0.36 —0.36 —-0.34
Alphaproteobacteria_SAR11_clade_SAR11_lI -0.79 —-0.76 —-1.48 —-147 —-0.74 -0.75
Gammaproteobacteria_Cellvibrionales_Spongiibacteraceae 0.00 0.00 —4.27 —0.05 —0.05 —0.05
Deltaproteobacteria_Desulfobacterales_Nitrospinaceae 0.00 —0.58 -1.06 -1.01 -0.77 -1.12
Gammaproteobacteria_Cellvibrionales_Halieaceae —4.44 0.00 0.00 0.00 0.00 0.00
Alphaproteobacteria_Rickettsiales_SAR116_clade —2.03 0.00 0.00 0.00 0.00 0.01
Phycisphaerae_Phycisphaerales_Phycisphaeraceae -3.76 -0.32 —0.48 —0.51 —-0.51 -0.33
Acidimicrobiia_Acidimicrobiales_OM1_clade -1.18 0.00 —0.69 -0.28 —0.28 —0.28
Alphaproteobacteria_SAR11_clade_SAR11_IV -1.35 0.00 0.00 —0.04 —0.04 0.00
Alphaproteobacteria_DB1-14 —0.65 -1.24 0.00 0.00 0.00 0.00
Acidobacteria_Subgroup_6 0.00 —0.64 —0.33 -1.18 —0.74 —0.99
SAR202_clade 0.00 —0.45 -1.37 —0.50 —0.89 —0.89
SAR202_clade_SAR202_Clade5_SAR202_Clade5 0.00 0.00 0.00 —0.98 -1.19 -1.19
Opitutae_Puniceicoccales_Puniceicoccaceae -1.49 0.00 0.00 0.00 0.00 0.00
Gammaproteobacteria_Oceanospirillales_Litoricolaceae -2.00 0.00 0.00 0.00 0.00 0.00
Alphaproteobacteria_OCS116_clade —2.14 0.00 0.00 0.10 0.00 0.18
Archaea Marine_Group_l_Unknown_Order_Unknown_Family 0.00 —0.58 -1.11 —0.61 —0.35 —0.30
Thermoplasmata_Thermoplasmatales_Marine_Group_lll 0.00 —0.59 -1.03 —0.81 —0.68 —-0.79

Positive z-score change means relative abundance of taxa was higher in amendments compared to control at the end of incubation, and negative z-score change means
the opposite. The z-score change >1 was bolded and underscored, and <—1 was bolded. Treatment abbreviations are the same as in Table 1.
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Family name STW
lysatepp;

M Amino
acid

M Syn
lysate

M Syn
lysatepp

M Syn
exudatepp;

Copiotroph

Oligotroph

Archaea

Gammaproteobacteria_Vibrionales_Vibrionaceae
Gammaproteobacteria_Oceanospirillales_Oleiphilaceae
Gammaproteobacteria_Alteromonadales_Pseudoalteromonadaceae
Alphaproteobacteria_Rhodobacterales_Rhodobaceraceae X
Alphaproteobacteria_Sphingoonadales_Erythrobacteraceae X
Plantomycetacia_Plantomycetales_Plantomycetaceae
Gammaproteobacteria_Oceanospirillales_SAR86 clade
Gammaproteobacteria_Thiotrichales_Piscirickettsiaceae
Gammaproteobacteria_Salinisphaerales_Salinisphaerales
Alphaproteobacteria_Caulobacterales_Hyphomonadaceae X
Alphaproteobacteria_Rickettsiales_S25-593

Alphaproteobacteria_SAR11 clade_SAR11 Il X
Deltaproteobacteria_SAR324 clade (Marine group B)
Deltaproteobacteria_Desulfobacterales_Nitrospinaceae
Deltaproteobacteria_Bdellovibrionales_Bdellovibrionaceae

SAR202 clade_SAR202 Clade1_SAR202 Clade1

SAR202 clade_SAR202 Clade2_SAR202 Clade2

SAR202 clade_SAR202 Clade3_SAR202 Clade3
Acidimicrobiia_Acidimicrobiales_OM1 clade X
Acidimicrobiia_Acidimicrobiales_Sva0996 marine group
Anaerolineae_Anaerolineales_Anaerolineaceae

Acidobacteria_Subgroup 6

Marine Benthic group A

X X X X X X

Treatment abbreviations are the same as in Table 1.
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Experiment Station Latitude, Longitude  Treatments Water In situ Amended Amended TDAAC DNA
Time depth (m) tempera- DOC TDAA C yield in harvesting
ture (wmol C (wmol C substrate (%) time (d)
(°C) L) L)
July 2016 HS 32°10'N, 64°30'W S2 control 10 27.0 — — — 2.4
S TWP lysatepp, © 10 27.0 6.2 3.98 64
Md control 200 20.0 = = =
M TW lysatepp; 200 20.0 6.0f 3.85 64f
July 2017 HS 32°10'N, 64°30'W M control 200 191 — — — 4.3
M Amino acid 200 19.1 3.8 — —
November SS#1 31°46'N, 64°43'W M control 200 19.7 — — — 2.7
2017
M Syn® lysate 200 19.7 4.8 0.69 15
M Syn lysatepp 200 19.7 2.0 1.1 57
M Syn exudatepp;. 200 19.7 41 111 27

ag, surface. PTW, Thalassiosira Weissfloggi. °PPL, PPL cartridge extracts. ?M, mesopelagic. ©Syn, Synechococcus. 'The measured DOC value for the mesopelagic
treatment was measured at 1.7 WM C instead of the expected 6.2 wM resolved to the surface treatment and appears to have been underestimated due to preservation
and storage problems. The DOC value in italic represents the calculated concentration based on measured TDAA-C of the amended substrate and assuming same TDAA
C yield observed for the surface amendment of the 2016 experiment. See “Results” section for details.
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Treatments

S control

S TW lysatepp,.

M control

M TW lysatepp;

M control

M Amino acid

M control

M Syn lysate

M Syn lysatepp;
M Syn exudatepp

Exponential time (d)

0-0.5
0-1.3
0-1.0
0-1.0
0-5.9
1.4-3.4
0-0.8
0.6-2.2
0.6-2.2
1-25

p(d1)

0.49 4+ 0.08
1.04 £0.01
0.88 £0.05
2.44 +£0.11
0.36 £ 0.04
1.03+0.18
0.29+0.14
1.66 £0.14
1.04 £0.37
117 £0.26

Stationary time (d)

0.7 +£0.1
1.4+00
1.0+ 0.0
1.0 0.0
49+33
4.7 +£0.1
No fit
3.3+0.1
25+04
48+26

Abbreviations are the same as in Table 1. 2nr, not resolvable (<1 umol C L~7).

J BC (mol C L)

0.01 £0.00
0.48 4+ 0.02
0.05 £ 0.00
0.85 £ 0.05
0.04 £0.03
0.33+0.14
0.16 £0.03
0.12 4+ 0.05
0.08 £ 0.04

J DOC (pmol C L™7)

nré
21 £0:4

nr
52+0.6

nr
25+0.8
1.5+0.9

nr

nr

BGE (%)

23

16

13

14
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w mol released (mg w g released (mg of

of jelly-DM)~1 d~1 jelly-DM)~1 d-1
POC 0.42 (+ 0.07) 5.11 (+ 0.84)
PN 0.12 (+ 0.01) 1.75 (+ 0.14)
DOC 0.44 (+ 0.03) 5.24 (+ 0.39)
TDN 0.13 (+ 0.01) 1.79 (4 0.11)
DON 0.12 (+ 0.01) 1.64 (+ 0.09)
DIN 0.01 (+ 0.01) 0.15 (£ 0.12
NH,* 0.0069 (+ 0.0061)
NOz~ 0.0034 (+ 0.0030)
NOz~ 0.00058 (4 0.0011)
P04~ 0.0063 (+ 0.00085)

Values are averages (+ SD) of four replicates (two technical replicates from the
same bottle and of duplicate experiments). DON is calculated as the difference
between TDN and DIN. DIN is the sum of NH4 ™, NO3~, and NO»~. POC, partic-
ulate organic carbon, PN, particulate nitrogen; DOC, dissolved organic carbon;
TDN, total dissolved nitrogen; DON, dissolved organic nitrogen; DIN, dissolved
inorganic nitrogen.
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Strain

Alt

Vib

Pha

Excitation (nm)

275
275
270
315
425
275
360
370
440
280
265
320
370

Emission (nm)

300
330
520
400
520
340
450
520
530
300
450
390
450

Abbreviation

AP1
AP2
AH1
AH2
AH3
VP
VH1
VH2
VH3
PP
PH1
PH2
PH3

Organic matter group

Tyrosine-like group
Tryptophan-like group
Terrestrial-like group
Marine-like group
Terrestrial-like group
Tryptophan-like group
Multiple origin group
Terrestrial-like group
Terrestrial-like group
Tyrosine-like group
Multiple origin group
Marine -like group
Multiple origin group

References

Mayer et al., 1999

Mayer et al., 1999

Stedmon and Markager, 2005
Coble, 1996

Stedmon and Markager, 2005
Mayer et al., 1999

Yamashita et al., 2010
Stedmon and Markager, 2005
Stedmon and Markager, 2005
Mayer et al., 1999

Yamashita et al., 2010

Coble, 1996

Yamashita et al., 2010
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Strain Incubation DOC at the end of Efficiency of DOC
time (hours)  incubations (umol C L~1) production (%)

Alt 168 51+4 424+05

Vib 600 218+ 8 19.8 £ 0.8

Pha 360 75+ 43 57+09





OPS/images/fmicb-11-584419/fmicb-11-584419-t003.jpg
Strain X Y Exponential growth phase Stationary phase
p-value R2 Slope (x10~%) p-value R? Slope (x10™4)
Alt DOC AH1 = 0.77 —-0.176 0.04 —-1.12
AH2 * 0.69 —0.270 0.06 —0.588
AH3 > 0.84 —0.0614 0.96 —1.42
TOC AH1 > 0.93 —0.207 > 0.84 —5.21
AH2 * 0.86 —0.313 0.007 —0.189
AH3 > 0.90 —0.0657 > 0.77 —3.96
POC AHA1 = = = 0.29 —2.27
AH2 - - - 0.02 0.211
AH3 - - - 0.18 —1.43
AP1 AHA1 il 0.70 1400 0.32 1000
AH2 bl 0.84 2500 o 0.55 560
AH3 4 0.64 450 0.02 230
AP2 AHA1 * 0.63 1300 0.18 —400
AH2 * 0.56 2100 > 0.65 390
AH3 > 0.80 510 0.001 —40
Vib DOC VH1 = 0.76 —0.131 = 0.40 2.08
VH2 = 0.77 —-0.184 = 0.46 0.991
VH3 * 0.66 —-0.122 > 0.60 0.507
TOC VH1 0.38 —0.0338 0.29 —2.56
VH2 0.37 —0.0322 0.28 —-1.18
VH3 0.02 —0.0092 0.34 —0.547
POC VH1 = = = b 0.62 —-1.82
VH2 - - - ki 0.65 —0.840
VH3 - - - > 0.86 —0.423
VP VH1 > 0.81 1000 > 0.55 380
VH2 * 0.80 1000 > 0.59 180
VH3 > 0.60 1000 > 0.63 81
Pha DOC PH1 > 0.99 —0.378 * 0.56 66.3
PH2 > 0.96 —0.673 * 0.51 14.3
PH3 > 0.98 —0.333 * 0.60 13.9
TOC PH1 = 0.97 —0.434 = 0.76 —-12.7
PH2 o 0.96 —-0.779 0.41 —4.39
PH3 % 0.97 —0.383 b 0.73 —5.29
POC PHA1 - - - b 0.88 —-11.3
PH2 - - = o 0.54 —417
PH3 - - - > 0.86 —4.76
PP PH1 * 0.99 500 > 0.79 4300
PH2 > 0.89 860 > 0.83 2100
PH3 > 0.99 440 > 0.80 1800

*p < 0.05, “p < 0.01, Abbreviations are the same as those in Table 1.
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Experimental BGE (%)

phase
1x 5x
Sediment at Sedimentat Sedimentat Sediment at
microcosm  microcosm  microcosm  microcosm
inlet outlet inlet outlet
Experiment () a7 05
Phase 1 (to-tie) 89 08(1.1)"
Phase 1B (tz—tu) 104 2526
Phase 2A (tis~tr) 12 04
Phase 2B (t7t ) 30 02
Phase 2C (ts-tir) 89 0.4

“BGE values were calculated from BCP (ATCC) and DOC mineralization (ADOC).
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5(H) Key substructures Natural groundwater Natural groundwater  Feeding solution Feeding solution Feeding solution

inflow (t0) outflow (t0) DOM-5x inflow (t0-t171) DOM-5x outflow (t7) DOM-5x outflow (t171)
10-7ppm G 30 36 82 44 45
7-5ppm  phenols, O.CH 08 14 5.4 40 28
531ppm  OCH 139 17.2 363 28.1 214
31-19ppm OCCH 280 254 204 251 239
1.9-05ppm  CCCH 543 524 207 384 478

Key substructures represent aromatics and olefins with polarized double bonds (sH ~10~7 ppm); phenols and olefins and anomeric positions in carbohycrates (sH ~7-5 ppm);
‘oxygenated aliphatic groups, with oxygen-containing functional groups (5H ~5-3.1 ppm); amines, aliohatic groups, with oxygen-containing functional groups 3 bonds away, e.g.,
carboxylic acids (8H ~3.1-1.9 ppm), ‘purely” aliphatic groups, with oxygen >4 bonds away (8H ~1.9-0.5 ppm).
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Initial Final

Mean + SD Min Max Mean + SD Min Max
Agriculture
DOC 6.40 £ 2.07 3.97 14.42 5.7 £ 1 .57 3.50 10.08
Sk 0.89 £ 0.062 0.79 0.99 0.87 £ 0.068 0.73 0.96
Bia 0.78 + 0.032 0.71 0.84 0.79 £ 0.028 0.73 0.83
Fl 1.46 + 0.052 1.36 1.58 1.45 £ 0.054 1.36 1.60
HIX 0.91 +£0.0183 0.89 0.93 0.92 £0.014 0.89 0.96
SUVAs4 2264058 1.00 3.80 2.33£0.42 1.80 3.13
C1 23.79+1.05 21.93 26.54 24.01 & 1.11 22,33 27.01
Cc2 21.23 +1.01 19.52 22.98 21.73 £1.01 20.09 23.40
C3 16.83 £ 2.04 11.32 21.16 16.34 £ 1.53 13.81 19.30
C4 517 +£1.16 2.76 7.35 510+0.94 2.79 6.98
C5 7.46 £1.00 5.54 9.53 7.60 +£0.93 6.10 9.08
Cc6 18.77 £ 1.77 15.15 21.38 19.18 £ 1.82 16.45 23.06
c7 6.75+0.90 4.90 8.12 6.05 +0.96 411 7.67
Forest
DOC 5.72 £ 215 3.37 11.24 5.58 +1.99 3.15 11.45
Sk 0.88 £ 0.022 0.84 0.23 0.88 4 0.025 0.83 0.28
B 0.66 + 0.038 0.59 0.76 0.66 + 0.026 0.59 0.70
F 1.36 + 0.039 1.29 1.46 1.37 £ 0.041 1.81 1.45
HIX 0.93 £0.016 0.90 0.97 0.94 £0.013 0.91 0.96
SUVA2s4 2.65+0.56 1.70 3.50 2.67 +0.56 1.07 3.42
C1 27.60 + 1.72 25.57 32.24 28.09 + 1.76 25,70 32.97
Cc2 23244073 21.71 25.07 23.20 + 1.02 19.72 24.34
C3 18.01 £3.35 9.72 22.47 17.99 + 2.49 18.52 25.16
C4 6.11 & 1.24 3.91 8.74 6.04 £1.13 3.88 8.10
cs 6.58 +£1.07 5.24 9.96 6.51 £0.93 3.42 8.16
C6 13.01 £1.61 g.99 15.28 1319 £ 1.92 9.13 17.10
c7 5.46 £ 0.87 4.07 627 4.99 £0.77 3.66 6.62

Variable units are as follows: DOC (mg C L=1), SUVAgs4 (L mg=—" C m=1), and components C1-C7 (% Fmax)-
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BGE Error = [(DOC* removal rate/DOC* removal rate error)*
-+ (BP/BP error)*1  BGE (4)
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CONTROL H + L-DOM L-DOM

Peak M (QSU) 0.01 £0.04 —0.02 + 0.06 0.00 £0.06
Peak T (QSU) 0.7+04 0.9+04 04 £06
a254 (m~1) —0.05 £0.02 —0.10 £ 0.06 —0.07 £0.02
ad40 (m~") —0.02 £0.01 —0.02 +0.06 —0.08 £0.02
a365 (m~") —0.02 £0.00 —0.03+0.08 —0.03 £0.02
§275-295 0.0004 £ 0.0004 0.002 £ 0.004 0.004 £ 0.004

Abbreviations: Peak M (QSU), marine humic-like substances; Peak T (QSU),
protein-like substances; a254 (QSU), absorption coefficient at 254 nm; a340 (m=1),
absorption coefficient at 340 nm; a365 (m~1), absorption coefficient at 365 nm;
$275-295, the spectral slope between 275 and 295 nm. See also Supplementary
Table 2 for further detalils.
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Results indicate that DOM composition largely differed between the streams at the

start and conclusion of the incubations.
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(m) Date Stationary  Final Type (nmol C L) (wmolCL-1d™1) Rate to Stationary (wmol C L-1d~1) Growth Efficiency (%)
TO T-Final TO to Stationary  Gunder. EXPORTS Malfatti Gunder. EXPORTS Malfatti
Stationary to Final
5 8/15 6 93 D 57.7+04 566+05 006+0.04 - 0.09+0.02 0.12+£0.02 0.16+0.03 - - -
n=4,
p=0.21
V] 604 +08 56.3+02 0.14+0.12 0.015 0.14+0.01 0.19+0.01 0.27 £0.02 - - -
n=4, n=>5,
p=0.15 p = 0.007
8/18 6 90 D 57.74+04 56.0+05 0.05+0.07 0.014 0.05+0.01 0.08+0.02 0.12+0.03 - - -
n=3, n=>5,
p=0.54 p=0.03
o] 60.0+03 539+04 0.38+0.01 0.046 0.07+£0.01 0.10£0.01 0.15+0.01 018 £0.02 0.27 £0.03 0.39+0.04
n=23, n=4,
p < 0.001 p =0.04
8/23 10 85 D 578+04 57.0+£05 008+0.06 - 0.05+0.01 0.07+£0.01 0.10+0.01 - - -
n=23,
p=0.22
V] 506+04 57107 011£0.02 0.021 0.08+0.01 0.05+£0.01 0.07 +£0.01 0.27 £0.09 0.45+0.13 0.68+0.18
n=4, n=6,
p = 0.005 p = 0.009
8/28 9 80 D 596+05 56.8+04 0.18+0.03 0.016 0.03+0.01 0.07+0.01 0.11+0.01 0.26+0.06 0.38+0.09 0.55+0.13
n=3, n=o6,
p=0003 p=0.03
u 61.2+04 56.8+09 022+0.06 0.031 0.04+0.00 0.07+0.01 0.1140.01 0.19+0.05 0.32+0.09 0.48+0.13
n=3, n=~o6,
p=0.008 p=0.01
8/31 10 77 D 59.8+06 550404 019+£005 0.044 0.034£0.01 0.05+0.01 0.07+0.02 0.1840.07 0.27+0.10 0.39+0.14
n=4, n=_o6,
p=0.0038 p < 0.001
v] 503+04 543+02 024+£0.06 0.039 0.04 £0.01 0.07+£0.01 0.10+0.01 0.14£0.05 0.27£0.07 0.42+0.11
n=4, n==6,
p=0.003 p=0.01
35 8/23 10 85 D 580+05 565+06 0.09+0.06 0.018 0.05+0.01 0.06+0.01 0.09+0.01 - - -
n=3, n=4,
p=0.19 p=0.02
u 58.7+05 559409 003+0.02 0.017 0.02+0.00 0.03+0.00 0.05+0.00 - - -
n=3, n=>5,
p=0.29 p =0.08
50 8/15 10 93 D 57.3+£04 56.3+06 010+£0.02 0.014 0.08+0.00 0.04+0.01 0.05+0.01 025+£0.06 035+0.10 0.47+0.12
n=>5, n=>5,
p=0003 p=0.18
U 569+05 547+03 0.16+£003 0.021 0.02+0.01 0.04+0.01 0.06+0.01 0134005 0.25+0.07 0.41+0.11
n=>5, n=~6,
p=0.003 p=005
8/28 9 80 D 569+04 540+0.7 012+£0.09 0.023 0.01£0.00 0.01+£0.01 0.01+0.01 - - -
n=a3, n=~6,
p =025 p < 0.001
u 586+04 56.9+0.3 0.20+0.03 0.010 0.02+0.00 0.02+0.00 0.03+0.00 0.25+0.05 0.33+0.06 0.46+0.08
n=3, n=o6,
p <0001 p=029
95 8/15 10 93 D 545403 543+05 0044003 - 0.01£0.00 0.01+0.01 0.01+0.01 - - -
n=>5,
p=0.49
u 542406 524+06 0.13+£0.05 0.007 0.03+0.00 0.04+0.00 0.05+0.00 0.13+0.05 0.19+0.08 0.27 +0.11
n=>5, n=>5,

p=0.03 p = 0.005

Bacterioplankton cell abundances and cell biovolumes were converted to cell C estimates either based on the relationship (“EXPORTS”) identified in Supplementary Figure 4 or based on published relationships
(Gundersen et al., 2002) and (Malfatti et al., 2010). The range of bacterial growth efficiencies reflect estimates derived from various bacterioplankton carbon conversion factors determined empirically or from published
values. BGE’s were only determined when the combined DOC* removal rates and bacterioplankton production rates were statistically significant (t-test p < 0.05).

D, diluted experiments; U, undiluted experiments.

DOC* denotes that concentrations were corrected for bacterioplankton carbon but contain an unconstrained contribution of C < 3.0 pm.
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Stationary growth

growth phase phase to 90 days
5 L Biotainer 40 mL 5 L Biotainer 40 mL
parallel vial Parallel vial
DOC* N/A Once per N/A Once per
2-3 days 14-30 days
DAPI Once per 1 day  Once per 1 day N/A Once per
14-30 days
FCM Once per 1 day N/A N/A NA
THAA N/A Once per N/A Once per
2-3 days 14-30 days
DNA Initial/Stationary N/A N/A N/A
PPL Initial/Stationary N/A N/A N/A

Stationary phase occurred within 6-9 days of initiation and the final time point was
around 90 days; the exact stationary and final time point days for each experiment
are noted in Table 2. Bacterioplankton cell abundances were enumerated both by
slide mounted DAPI-stained cells and flow cytometry (FCM).
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Source PRO (%) Pressure AOU (pmol FOM (RU)
water (dbar) kg~1)

mass

abbrevia-

tion

WSW 0.05 1572 + 102 135+ 1 0.0070 =+ 0.0000
ALBW 60.01 3053 + 2 1524+ 0 0.0090 =+ 0.0000
NADW 6.57 2832+ 5 165+ 0 0.0091 4+ 0.0000
AAIW 13.45 1953 + 4 162+0 0.0087 £+ 0.0000
SAMW 4.68 670 £2 129+ 0 0.0073 £ 0.0000
STMW 1.11 508 + 2 37+0 0.0043 4+ 0.0000
W 3.84 947 £ 1 229+0 0.0113 4 0.0000
RSOW 8.78 1983+ 5 178+ 0 0.0100 = 0.0000
PGW 0.30 449+ 5 65+ 1 0.0055 =+ 0.0000
LIuW 0.63 363 £ 1 152 + 1 0.0083 =+ 0.0000
uiuw 0.03 281 £ 2 69 +3 0.0057 4 0.0000
ICW 0.01 303 +3 58 +£3 0.0054 =+ 0.0000
R? (Cj vs. 0.53 0.34
<Cj>)

SDRes 28 0.0016
Analytical . 0.0005

error
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Source water mass Full water mass name 0 (°C) S(psu) O (wmolkg=') PV (x10-2m-1s-1) References
abbreviation

WSW Weddel Shelf Water —-1.85 34.246 314 —160.0 Johnson (2008)"

ALBW Adélie Land Bottom Water —0.55 34.678 240 —-11.0 Johnson (2008)"

NADW North Atlantic Deep Water 332 34.894 291 5.6 Johnson (2008)"

AAIW Antarctic Intermediate Water 4.42 34.180 240 —132.0 You (2002)2

SAMW Sub-Antarctic Mode Water 8.75 34.580 250 —34.0 Tomczak (2005)3

STMW Subtropical Mode Water 16.44 35.520 214 —170.0 Tsubouchi et al. (2016)*

[\%% Indonesian Intermediate Water 4.83 34.606 99 —-18.0 Emery and Meincke (1986)°; Talley
and Sprintall (2005)5

RSOW Red Sea Overflow Water 12.05 35.897 14 41.0 Johnson (2008)"

PGW Persian Gulf Water 16.63 36.240 11 267.0 Shenoi et al. (1993)8

LIUW Lower Indonesian Upper Water 10.96 34.574 103 —185.0 Emery and Meincke (1986)°; Talley
and Sprintall (2005)°

uluw Upper Indonesian Upper Water 24.01 34.506 159 —661.0 Emery and Meincke (1986)°; Talley
and Sprintall (2005)5

ICW Indian Central Water 20.00 36.000 227 —272.0 Karstensen and Quadfasel (2002)”

When the literature values for O and PV were not available, we estimated the values from the WOA18 data. The observed O and PV are shown in Figures 6G-H and I-J.
10 and PV were extracted from the WOA18 annual data for the locations of the specific source water masses.

20 was calculated by multiplying phosphate by 170 (Anderson and Sarmiento, 1994), and PV was estimated by dividing its PV value by a gravitational acceleration of 9.8
(ms=2).

3PV was extracted from the austral winter WOA18 data at the base of the winter mixed layer. Mixed layer depth was defined as the depth where a density increase from
the sea surface value exceeds 0.125qy. SAMW was considered to have a PV minimum lower than 50 (x10~12 m=1 s=1) within the density range (26.6 < oy < 26.9)
according to Hong et al. (2020).

40 was extracted from the austral summer WOA18 data according to the method of Tsubouchi et al. (2016).

50, S, O, and PV were extracted from the WOA18 annual data. Referring to Emery and Meincke (1986) and Talley and Sprintall (2005), three water masses were defined
within the latitudinal range (—18 to —8°S) and longitudinal range (120 to 125°E) as follows: UIUW (60 m to 31.5a1 with 8 higher than 17°C and salinity less than 35), LIUW
(60 m to 31.501 with 6 less than 17°C and salinity less than 35), and IIW (31.5-32.201 with salinity less than 34.7). 60 m is the maximum mixed layer depth in this region.
86, S, O, and PV were extracted from the WOA18 annual data. Referring to Shenoi et al. (1993), each value was calculated between 26.2 and 26.8 o within the latitudinal
range (22 to 25°N) and longitudinal range (60 to 65°E).

7PV was extracted from the austral winter WOA18 data. PV was estimated from the linear relationship between potential temperature and PV in the same waters
as in Karstensen and Quadfasel (2002).
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Compound Condensation state

class
Monomers Polymers

Carbohydrates Glucose, galactose, mannose, Glycogen, starch
(CH) rhamnose, xylose, arabinose

Nucleic acids Deoxyadenosine triphosphate DNA (fish sperm)
(NUC) (dATP), Deoxycytidine
triphosphate (dCTP),
Deoxyguanosine triphosphate
(dGTP), Thymidine triphosphate
(dTTP)
Protein (PR) L-Alanine, L-Arginine Bovine serum albumin
hydrochloride, L-Asparagine, (BSA)
L-Aspartic acid, L-Cysteine,
L-Cystine, L-Glutamic acid,
L-Glutamine, Glycine,
L-Histidine hydrochloride,
L-4-Hydroxyproline,
L-Isoleucine, L-Leucine,
L-Lysine hydrochloride,
L-Methionine, L-Phenylalanine,
L-Proline, L-Serine,
L-Threonine, L-Tryptophan,
L-Tyrosine, L-Valine
Carboxylic Formate, acetate, propionate, NA
acids (Cbx) pyruvate, glyoxylic acid, glycolic
acid

NA, Not available (tested). Further details are shown in section “Materials and
Methods”.
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Factor d.f.
Sampling Site 3
Sampling Depth 1
Treatment 2
Residuals 48
Total 55
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4.4
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0.63
4.11

11.03

pseudo F

14.65
18.72
3.156

R2

0.40*
0.17*
0.05
0.37
1

The factor “Sampling Site” represents both the effect of the “seed” community
and of the amendment with the site-specific detrital pool. d.f., degrees of
freedom; SS, sum of squares. *Denotes significance at p < 0.001, calculated after

9999 permutations.
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Station Date Longitude Latitude Bottom Sampling
(°E) (°N) depth depths
B Jan 17,2017  175.089 —74 578 m ~2; 565 m
CA Feb 01,2017  170.9092  —74.1877 563 m ~2; 548 m
Cc2 Jan 23,2017  166.8105  —74.75716 905 m ~2;899 m
D Jan 08,2017  164.5333 —-75.12672 1067 m  ~2;1051 m
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Depth Treatment B

Surface Control 2.60 £0.19
1pgL~"Chla 1.91 £0.77
10 ugL~" Chla 1.64 +£0.19
Bottom Control 2.41 £1.80
1pgL~'Chla 1.42 +0.40
10 ugL~" Chla 4.67 £0.20

Cc1

0.40 £ 0.00
1.40 £ 1.42
2.00 +£0.57
3.94 +£2.05
3.74 +£ 0.59
3.11+£0.88

c2

14.39 £ 4.95
31.88 4+ 8.43
94.23 + 47.84
6.71 4+ 3.42
10.20 £ 4.55
41.73 + 20.30

D

13.26 +£2.90
3.69 £ 1.74
166.41 £1.74
8.49 £ 0.00
10.19 £3.20
2.97 £1.40

Results are presented as mean + SD of two experimental replicates.
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