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Existing culture systems have a limited ability to reproduce the complicated and dynamic microenvironment of a functioning organ. To solve the issues of conventional culture techniques, multidisciplinary researchers, involving medical doctors, stem cell and developmental biology experts, engineers and physical scientists, have emerged to innovate methods and devices.

A microfluidic organ-on-a-chip (μOOC) is a cell culture device, based on microfluidic technology, which contains continuously perfused chambers with cells to simulate organ-level physiology/pathology. The μOOC is not to build a whole living organ, but rather to synthesize minimal functional units that recapitulate organ-/tissue-level functions. The μOOC can be applied to study not only the convention stimulation on cells by molecular/drugs, but also physical forces (fluid shear stress, cyclic strain and mechanical compression), organ-specific cell-cell intercommunication, and organ-organ coupling responses.

There is an emerging need for innovative approaches for the production, control, analysis, and utilization of the μOOC, and even the multiple interconnected μOOC (Human-on-a-Chip). Although the μOOC has attracted much attention and is continuous being studied, there are still many difficult problems to be solved. Some of the most mentioned challenges include microenvironmental (biochemical, biophysical, biomechanical, nutrient, etc.) control, modeling tissue–tissue and multi-organ interactions, and reducing variability (automated control, high-throughput manipulation/analysis, integration of biosensing and etc.).
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Microphysiological systems have potential as test systems in studying the intestinal barrier, in which shear stress is critical for the differentiation of Caco-2 cells into enterocytes. The most commonly used in vitro gut model for intestinal barrier studies is based on trans-well cultures. Albeit useful, these culture systems lack physiological shear stress which is believed to be critical for the differentiation of Caco-2 cells into enterocytes and to form tight monolayers. Conversely, organ-on-chip models have presented themselves as a promising alternative since it provides cells with the required shear stress. To this end, a novel biocompatible 3D-printed microfluidic device was developed. In this device, Caco-2 cells were seeded under physiologically-relevant unidirectional shear stress and compared to cells cultured under gravity-driven flow. Using numerical studies, the flow rate that corresponds to the required shear stress was calculated. Experimental tests were conducted to verify the effect of this on cell differentiation. The experiments clearly showed an enhancement of cell differentiation potential in a unidirectional physiologically-relevant pump-driven flow system (PDFS) as opposed to the simpler bidirectional gravity-driven flow system (GDFS). Additionally, computational modeling of an adapted design confirmed its ability to supply all cells with a more homogeneous shear stress, potentially further enhancing their differentiation. The shear stress in the adapted design can be well-approximated with analytic methods, thus allowing for efficient predictions for all parameter values in the system. The developed novel microfluidic device led to the formation of a tighter monolayer and enhanced functional properties of the differentiated Caco-2 cells, which presents a promising tool for preclinical in vitro testing of drugs in an animal-free platform.

Keywords: gut-on-chip, shear stress, cell differentiation, 3D printing, numerical computation


1. INTRODUCTION

The small intestine plays a key role in the selective absorption of nutrients and drugs, and forms the first line of defense via its epithelial barrier. Three-dimensional (3D) experimental set-ups that can mimic human intestinal micro-environments may be instrumental in studying absorption processes and intestinal barrier integrity, which is now widely addressed by the so-called organ-on-a-chip technology. These chips aim to mimic the human organ physiology by replicating functional parts of organs in a controlled laboratory environment.

Microphysiological systems with biomimicry micro-architectures are usually fabricated from an optically clear plastic, such as polydimethylsiloxane (PDMS) and contain perfused hollow microchannels inhabited by living human cells as described by Bhatia and Ingber (2014). As a result of this structure, they allow for high-resolution, real-time imaging of biochemical activities in living human cells in a functional, yet controlled, organ context as described by Sontheimer-Phelps et al. (2019).

Various microphysiological systems have been developed that mimic mechanical, structural, and functional properties of the human small intestine (see e.g., Kim and Ingber, 2013; Trietsch et al., 2017; Kasendra et al., 2018; Jochems et al., 2019). These devices have already displayed the capability to reproduce organ-level responses and may be transferred to pharmaceutical industries to be implemented in preclinical research and have potential to replace animal studies for e.g., drug screening.

As carefully reviewed by Sontheimer-Phelps et al. (2019), however, microphysiological systems still have their limitations. One of these is the materials used to fabricate the device; PDMS is for instance known to non-specifically absorb small molecules, including certain drugs (Li et al., 2009; Su et al., 2011). In this work, we present a newly designed microfluidic device to study drug transport and metabolic functions of initially the intestine, with the potential to study other organs at a later stage. The experimental setup is constructed using an inert biocompatible polylactic acid (PLA) instead of the common microfabrication with PDMS to minimize solute absorption. In a comparison study, PDMS majorly absorbed hydrophobic small molecules, while PLA absorbed neither hydrophobic nor hydrophilic small molecules (Ongaro et al., 2020). Furthermore, we used a hollow fiber membrane set-up as in Jochems et al. (2019) to make the system compatible with transepithelial transport studies. The design of the microfluidic chip was meant to optimize cell differentiation toward a tight monolayer of functional organ cells. To enhance cell differentiation, we aim for a tuneable, time oscillating and homogeneous shear stress on the cells in the physiologically relevant regime of 0.002−0.8dyne/cm^2 for intestinal cells (Olesen et al., 1988; Lentle and Janssen, 2008; Ishikawa et al., 2011). As a secondary optimization condition, we aim to achieve this shear stress at a low flow rate to allow for solute diffusion and drug transport in our experiments.

In Figure 1A, we show an overview of the experimental setup. The fluid flow in the setup is driven by a peristaltic pump, with an approximate harmonic pressure gradient as a result. This aims to mimic the time-dependent nature of fluid flow in human organs. The pump uses two reservoirs to independently perfuse two types of medium through side and top pathways, representing the intra- and extraluminal fluids, respectively. An off-scale cross-section of the system is shown in Figure 1B, which indicates that a perfusable hollow fiber is inserted into the flow channel. Cells were seeded on the outside of this fiber and shear stress, induced by the flow, will lead to the cell differentiation into a tight and, functional monolayer. A more detailed schematic with the system size and flow around the cells and fiber is shown in Figure 1C. Note that a fluid flow through the fiber was implemented as well to ensure a small pressure difference between the in- and outside of the fiber walls.


[image: Figure 1]
FIGURE 1. Overview of the experimental setup. (A) The microfluidic chip with the in- and outlets as well as the fiber and transparent glass top and bottom. Fluid flow is driven by a peristaltic pump that is separately connected to the intra- and extraluminal inlets and outlets. (B) Cross section of the microfluidic chip. (C) Detailed view of the fiber and cells. The patterned domain indicates the cell layer, on which the fluid exerts a shear stress. The fluid velocity is indicated with the arrows inside and around the fiber. The steady flow rates in this device will be of order Q0 = 125μL/min. Note that the figures are not to scale.


To find an optimal design in terms of cell differentiation, our methods can be divided in three steps. To give the reader a clear overview, we briefly discuss these steps before we go into detail on the methodology. First, numeric calculations on the flow velocity and shear stress were performed in potential devices, to find a simple design that gave shear stresses in the physiological relevant regime. Second, experiments were performed in the resulting experimental design (Figure 1) to quantitatively verify the calculations and measure the cell differentiation. Finally, as the third step, we investigated further optimization options in the design using both numerical and analytic calculations.



2. MATERIALS AND METHODS


2.1. Chamber Fabrication

The device is constructed through Fused Deposition Modeling (FDM) 3D printing with Ultimaker 3 (Ultimaker B.V.), which extrudes and selectively deposits thermoplastic (Polylactic acid, PLA) filament in the pre-determined position in a layer-by-layer manner. This fabrication process allows for efficient reflection of theoretical studies into prototypes. The 3-dimensional printable file was first designed in SolidWorks 2018 (Solidworks Corp.) and exported to G-code file via Ultimaker Cura (Ultimaker B.V.). The layerwise G-code file was thus read by the 3D printer and printed through a 0.4 mm nozzle in a layer-by-layer manner at a layer resolution of 60 microns. For the convenience of imaging, the top and bottom surfaces of the printed devices were partially open and sealed with cover slips, respectively.

In a typical chamber with the dimension of 75 mm (length) by 12.5 mm (width) by 3.65 mm (height), a open inner liquid reservoir of 25.1 mm (length) by 3 mm (width) sits in the very center of the chamber. Two flow pathways (as in Figure 1B), i.e., tubular channel (1.47 mm diameter) and cuboid channel (1.3 by 0.7 mm), are separated by 0.4 mm along the thickness direction of the chamber.



2.2. Chamber Assembly

SENUOfil type H-MF-0.2 hollow fiber capillary membranes (SENUOFIL, Tianjin, China) were fitted into the 3D-printed chambers and fixed in place with a high-viscosity dental glue “GI-MASK” (Coltene, Altstätten, Switzerland). Glass cover slips were used to seal the top and bottom of the chamber and fixed in place using medical-grade epoxy glue “Loctite Hysol M-31CL” (Henkel adhesives, Bopfingen, Germany). 18g syringe needles were used for intraluminal compartment.



2.3. Hollow Fiber Membrane Coating and Seeding

All chemicals were purchased from Sigma-Aldrich (Zwijndrecht, The Netherlands) unless stated otherwise. Following the assembly, the chambers were decontaminated in 70% (v/v) EtOH for 30 min. Next, chambers were washed with phosphate-buffered saline (PBS) twice and the hollow fiber membranes (HFM) were coated with filter-sterilized L-3,4-di-hydroxy-phenylalanine (L-Dopa, 2 mg/mL in 10 mM Tris buffer, pH 8.5). L-Dopa has been widely used in tissue engineering, and is known to be enriched in mussel-like adhesive proteins (Lee et al., 2009) and can adhere to a wide range of surfaces. L-Dopa self-polymerizes and exploits the reactivity of the film to covalently bind the biomolecule Coll I on the membrane surface to form an extracellular matrix (Oo et al., 2011). The fibers were then incubated at 37°C for 4 h to allow full polymerization of L-Dopa. After drying at 37°C for 5 min, HFM were washed with PBS and put in human collagen I solution (25 μg/mL in PBS) for another incubation at 37°C for 2 h. HFM were dried for 5 min at 37°C and unbound human collagen I was washed off with PBS. Finally, HFM were washed and stored in PBS awaiting cell seeding for a maximum of 4 days. Caco-2 cells (ATCC, Wesel, Germany) passages between 70 and 80 were washed, trypsinized and resuspended in culture medium [high glucose Fluorobrite medium (Gibco) with fetal calf serum (10% v/v), Glutamax (1%v/v), MEM Non-Essential Amino Acids (1%v/v), and penicillin/streptomycin (1% v/v)] at a concentration of 106 cells/ml; hereafter referred to as cell suspension. For cell seeding, 0.25 mL cell suspension was added per channel and incubated at 37°C, 5% CO2 for 4 h in static conditions to allow cell adherence.



2.4. Flow Experiments

Following initial seeding, chambers were either exposed to passive gravity-driven flow for a period of 21 days or active pump-driven flow for 10 days. In the gravity-driven flow system (GDFS), flow was achieved by means of a 2-dimensional rocking platform (VWR, Breda, The Netherlands) with a speed rate of six rotations per minute at an angle of 10°, as described previously by Jochems et al. (2019). As for the pump-driven flow system (PDFS), flow rates of 30, 60, 90, and 125 μL/min were tested. Medium was refreshed every 2–3 days.



2.5. Cell Counting

Cell counting for normalization of activity per cell number was carried out utilizing the Cell Counting Kit (CCK-8) according to the manufacturer's protocol. Briefly, cell suspensions were seeded in 12-well plates and incubated at 37°C, 5% CO2 for 24 h. Subsequently, the medium was removed and replaced with the CCK-8 reagent diluted 1:10 in culture medium. The plate was incubated for 4 h at 37°C, 5% CO2, after which absorbance was measured at 450 nm with iMARK™microplate absorbance reader (Biorad, Veenendaal, Netherlands). Cell number was calculated using a standard curve prepared using a serial dilution of Caco-2 cells.



2.6. p-Cresol Metabolism

To assess the metabolic capacity of the differentiated Caco-2 cells, p-cresol was used as a model compound. After culturing the Caco-2 cells for 3 weeks in the GDFS, p-cresol was added either at a concentration of 50 μM for 3 and 6 h, or 100 μM for 12 and 24 h. The effect of p-cresol and its metabolites on the monolayer tightness was assessed using FITC-inulin leakage as described later. Based on the results of the initial experiment, exposure to p-cresol at a concentration of 50 μM for 3 h was used for all subsequent experiments.

To investigate the effect of 1,25-dihydroxyvitamin D3 (Vit D3) on the cell membrane integrity and the metabolic function of Caco-2 cells upon p-cresol treatment, cells in the GDFS were pre-treated with 100 nM Vit D3 for 24 h after 21 days in culture. 50 μM p-Cresol was then added for 3 h. Samples were then collected and analyzed using an ultra-high performance liquid chromatography mass-spectrometry (UHPLC-MS) method, as described by Mutsaers et al. (2011) to determine the concentration of the p-cresol metabolites p-cresol sulfate and p-cresol glucuronide.

To assess the effect of physiologically-relevant flow in the PDFS on p-cresol metabolism, both GDFS and PDFS were treated with 100 nM Vit D3 for 24 h after 21 and 10 days in culture, respectively. After which they were exposed to 50 μM p-cresol for 3 h. Samples were then collected and analyzed.



2.7. Immunofluorescent Staining

To investigate epithelial-layer integrity, phenotypical and morphological characteristics, immunostainings were performed. Cells were fixed using 2% paraformaldehyde for 15 min and then permeabilized using 0.3% (v/v) Triton X-100 in HBSS for 5 min. To prevent non-specific binding of antibodies, blocking was performed using 2% (w/v) bovine serum albumin (BSA) fraction V and 0.1% (v/v) Tween-20 in HBSS for 1 h. Fixed cells were incubated with primary antibodies, diluted in block solution, used were tight junction protein, zonula occludens-1 (ZO-1, 1:400) (Thermo Fisher Scientific, Bleiswijk, The Netherlands), enterocyte marker, Villin (1:400) (SCBT, Texas, USA) for 4 h. This was followed by incubation with goat-anti-mouse Alexafluor 488 (1:1,000; Thermo Fisher Scientific) or goat-anti-rabbit CF640R (1:1,000) as secondary antibodies. Finally, HFM were mounted using Prolong gold containing DAPI (Cell signaling technology, Leiden, The Netherlands) for nuclei staining. Images were acquired using the Leica TCS SP8 X (Leica Biosystems, Amsterdam, The Netherlands).



2.8. Leakage Assay

To assess monolayer integrity, an inulin-FITC (0.1 mg/ml in PBS) leakage assay was performed, as described in Jochems et al. (2019). The intraluminal inlet of the chamber was connected to warm inulin-FITC reservoir via a peristaltic pump (Ismatec Reglo, Cole parmer, Wertheim, Germany). The HFM was then perfused with inulin-FITC with a molecular weight of 3–6 kDa at a flow rate of 0.1 mL/min for 10 min. Samples were taken from the apical compartment. Fluorescence of the samples was measured at excitation wavelength of 492 nm and emission wavelength of 518 nm using Tecan infinite M200PRO plate reader (Tecan Austria GmbH).

The values of the apparent permeability Papp (in cm/s), which indicate the leakage of inulin-FITC, were calculated according to:

[image: image]

where dQ/dt indicates the appearance rate of inulin-FITC over time (relative fluorescence unit/s), A is the surface area of the exposure area and C0 is the initial concentration of the warm inulin-FITC reservoir. As a control, coated-fibers without cells were used to determine leakage through the fiber which was then set to 100% leakage for further calculations.



2.9. Alkaline Phosphatase Activity

Alkaline phosphatase (ALP) activity was measured as enterocyte differentiation marker, using Amplite™Colorimetric Alkaline Phosphatase assay kit (AAT Bioquest, Sunnyvale, USA). The assay was performed according to the manufacturer protocol. Briefly, HFM were incubated with the pNPP substrate solution (diluted 1:1 in culture medium) for 15 min at 37°C; thereafter, absorbance was measured at 400 nm with iMARK™microplate absorbance reader (Biorad, Veenendaal, the Netherlands).



2.10. Statistical Significance

Every experiment was at least performed in triplicate, results are depicted as mean ± standard error of the mean. Statistical analysis was performed in Graphpad version 7 using either one-way ANOVA followed by a Dunnett's test, Student's T-test or Unpaired T-test (where applicable). A P-value of p < 0.05 was considered significantly different.



2.11. Governing Equations

We determined the flow around the cells theoretically with the standard Stokes equations, by solving

[image: image]

for the velocity profile u(r, t) and the pressure p(r, t) at position r and time t. In Equation (2), ρ = 997.8kg/m^3 and η = 0.78mPa s are the mass density and dynamic (shear) viscosity of the fluid, respectively. Note that ρ(r, t) = ρ is a spatial and temporal constant, since we assume an isotropic and incompressible medium. Furthermore, we have no external forces on our fluid and we restricted attention to the low-Reynolds number regime, where the flow is laminar without any turbulence.

We have determined the flow in three different geometries. In order of increasing stress homogeneity (and thus potentially a more homogeneous monolayer of differentiated cells) they are: the experimental geometry from Figure 1, the optimal geometry from Figure 2A and concentric cylinders as in Figure 2C. Without any practical constraints, we could achieve a purely homogeneous shear stress upon embedding the fiber in an infinitely long concentric cylinder. The suggested optimal design, identified in Figure 2A, approaches this theoretical optimum as well as possible, with the practical constraints taken into account. Note that the dimensions of the optimal design are decreased compared to that of the experimental design, to allow for relevant shear stresses at a lower flow rate.


[image: Figure 2]
FIGURE 2. (A) Optimal design of the flow channel for the PDFS. The blue semi-annulus shaped regions represent the inflow tubes and the hollow cylinder in the center represents the outside of the fiber. The lines that partition the channel in quarters indicate the symmetry planes of the geometry and show that the channel can be partitioned into four equal parts. The development length that is considered for mesh refinement is indicated with the lines around the outside of the flow channel. Compared to the existing experimental design, shown in Figures 1A,C, all dimensions are decreased: the fiber radius here is 0.25mm, the flow channel radius is 1.1mm, the length of the device is still 2.5cm and the fiber is placed concentrically in the flow channel. Detailed dimensions can be found in the Supplementary Material. (B) The mesh that is used to compute the velocity profile numerically in the optimal geometry. Only the first 8mm of the region near the inlet is shown here; the mesh is similar near the outlet. The blue region indicates the domain near the fiber where the mesh is refined. Note that to speed up computation only a quarter of the device is meshed, exploiting the symmetries in the system. To retrieve the full velocity profile in the PDFS, we could then mirror our solution. (C) Concentric cylinders with inner radius R2, outer radius R1, and length L. The unit vectors [image: image] in cylindrical coordinates are depicted at a point between the cylinders, where the fluid will flow in the ẑ direction. The inner cylinder represents the outside of the cell layer. This geometry is used to approximate the PDFS; a comparison in terms of shear stress between the two geometries is described in section 3.4.




2.12. Analytic Methods

For the analytic calculations of axial flow between two concentric cylinders as in Figure 2C, we consider a purely pressure driven flow in the longitudinal z-direction. Based on the peristaltic pump, we assume the pressure gradient G to be varying harmonically with steady offset G0 and amplitude G1 = ϵG0, thus we have

[image: image]

where ω is the (angular) driving frequency. We used symmetry arguments and the pressure gradient from Equation (3), to simplify the Stokes equations. Pulsatile flow in a simple tube is well-studied in Leal (2007) and we followed similar (but not identical) calculation steps to find the flow profile between concentric cylinders (see Supplementary Material for detailed calculations). The governing equations were written in adimensional form, to reveal that the functional form of the velocity profile in this system depends on only three dimensionless parameters: the ratio of the cylinders radii R2/R1, the relative amplitude ϵ and the Strouhal number [image: image], which can be viewed as a dimensionless frequency. Here, ν = η/ρ = 7.8·10−7m^2/s is the kinematic viscosity.



2.13. Numerical Methods

Numerical studies were performed in the experimental and optimal geometry using the software COMSOL Multiphysics® V5.2. We used a 3D model with the creeping-flow module from the single-phase flow package. We used no-slip boundary conditions (BC) on all the walls and on the outside of the fiber, with an incoming Poiseuille mass flux BC at the inlet and a normal-stress-free BC at the outlet. For steady-state computation of the flow in the experimental geometry, a standard tetrahedral mesh was used with a refinement around the fiber for higher accuracy in the shear stress. The element size was determined empirically until a stable solution was found. To speed up time-dependent computations in the optimal geometry, the computational domain was divided into three parts, (i) the vicinity of the fiber, with a fine mesh of tetrahedral basis elements, (ii) the bulk of the device with a swept mesh of hexahedrons as basis elements, and (iii) the vicinity of the inlet and outlet with tetrahedral basis elements. The extent of the domains are determined using the boundary layer of the flow from time-dependent analytical approximations similar to those in Leal (2007) and an analytic result for the development length as described by Durst et al. (2005). We used about 2.5 times the development length to determine the length Lm of region (iii) in the mesh. This resulted in Lm≈2.5ld≈1.5DH, with ld the development length and DH the hydraulic diameter as written by Langerak (2019). In the optimal geometry, this resulted in Lm = 0.6mm for the in- and outlets and Lm = 3.3mm for the flow channel. We used [image: image] for the thickness of the boundary layer (Langerak, 2019), and we refined the mesh over a thickness of 3·δ. This resulted in a refined mesh around the fiber with a thickness of 0.33mm. The resulting mesh in the optimal geometry, illustrated in Figure 2B, consists of 34,788 elements. The numerical time-dependent studies were performed for a real time flow of five oscillations and it was confirmed both theoretically (Langerak, 2019) and numerically that this was sufficient for the transient regime to die off.



2.14. Parameters for Design Comparison

To compare the numerical calculations in the optimal design (Figure 2A) with the analytic calculations between concentric cylinders (Figure 2C), we used one characteristic set of parameters. For the inner cylinder radius, we have the fiber radius and the cell height (from Hidalgo et al., 1989), which gives R2 = 250μm+30μm = 0.28mm. The outer radius is minimized, given practical constraints for device strength, and yields R1 = 1.1mm. This gives a radii ratio of R2/R1≈0.2545. We choose experimentally realistic flow rates of Q0 = 125μL/min for the average flow and Q1 = Q0/2 for the amplitude of the oscillatory flow. With a cylinder length of L = 2.5cm, this yielded pressure gradients of G0 = 7.9Pa/m and G1 = 22.1Pa/m over the concentric cylinder flow channel (see Supplementary Material for this calculation). Thus, we have ϵ = G1/G0 = 2.8, and the pressure differences over the flow channel are Δp0 = LG0 = 0.20Pa and Δp1 = LG1 = 0.55Pa. With the chosen peristaltic pump, the average flow rate of Q0 = 125μL/min can be achieved with a pump setting of about 50 rotations per minute. Given that the pump has 12 rollers, we approximated the oscillation frequency of the pressure gradient as [image: image]. This yielded for the Strouhal number [image: image], which indicates that the time-dependent nature of the solution cannot at all be neglected for the final results; we can not approximate our solution with a quasi steady-state.




3. RESULTS AND DISCUSSION


3.1. Characterization of the Flow Around the Hollow Fiber Membrane in the Pump-Driven Flow System

A numerical evaluation of the steady state flow in the experimental geometry from Figure 1 is performed using COMSOL and depicted in Figure 3A. In the bulk of the channel, we verified that we have (essentially) parallel streamlines, indicating a unidirectional flow; thus the only significant contribution to the flow in the centre of the device is in the longitudinal direction. We confirmed that the in- and outlet effects occur over a length scale of only a few a millimeter, which is negligible for the experiment.


[image: Figure 3]
FIGURE 3. (A) Steady-state velocity field uz(r) in the experimental flow channel, the magnitude is indicated with the colorbar in (m/s). The red lines indicate streamlines and the cut planes show the velocity magnitude. The dimensions are as indicated in Figure 1C and the channel has a total width of 3 mm and height of 3.65 mm. An aqueous fluid with viscosity η= 0.78mPa s and density ρ= 997.8 kg/m3 flows through the device at a steady flow rate of Q0= 125 μL/min. (B) Shear stress on the cells τzr, cells in the center of the microfluidic device as a function of the azimuthal angle ϕ around the fiber. Here, ϕ = 0 corresponds to the top of the fiber.


Given the laminar velocity profile uz(r, ϕ) in the bulk of the device, we can evaluate the shear stress [image: image] numerically. Here, r is still the radial distance from the center of the fiber and ϕ is the azimuthal angle, defined with ϕ = 0 on the top of the fiber. Note that we are most interested in the shear stress on the cells, given by

[image: image]

The numerical evaluation of the shear stress on the cells around the fiber is depicted in Figure 3B. With a steady flow rate of Q0 = 125μL/min, we observed a heterogeneous shear stress on the cells around the fiber with a maximum of about 11.5·10−3dyne/cm^2 at the top of the fiber and a minimum of about 7.4·10−3dyne/cm^2 at the bottom. Thus, a relative deviation from the average of 22%. Despite the stress heterogeneity, we did observe that our inflow of Q0 = 125μL/min gives a shear stress that is of the order of magnitude of the required physiological shear stress for the intestinal cells to differentiate (as determined by Olesen et al., 1988; Lentle and Janssen, 2008; Ishikawa et al., 2011). Our measurements on cell differentiation were performed in this device for flow rates around this value. A more detailed analysis of a more homogeneous shear stress on the cells in the optimal geometry is described after the experimental results.



3.2. Experimental Results

An overarching goal of this work was to develop a gut-on-a-chip model that can be combined with other organs, primarily kidney, to study the effect of uremic toxins in chronic kidney disease on the gut. For that purpose, p-cresol was chosen as a model compound for uremic toxins.

To determine the optimal conditions and establish a baseline, Caco-2 cells were cultured on collagen-coated hollow fibers in the gravity-driven flow system (GDFS) for 3 weeks. L-Dopa/collagen-coated hollow fibers have been previously shown by Chevtchik et al. (2016) not to present any significant mass transfer limitations.

p-Cresol was subsequently added to investigate its effect on monolayer integrity and cell viability, as determined by apparent paracellular permeability (Papp) and LDH release, respectively. Exposure to p-cresol resulted in strongly compromised barrier function (Figure 4), due to the toxic nature of this compound and its metabolites on the cells (Vaziri et al., 2015; Gryp et al., 2017).


[image: Figure 4]
FIGURE 4. Monolayer integrity of Caco-2 cells in GDFS cultures when treated with or without p-cresol at 50 or 100 μM for 3, 6, 12, or 24 h. Data are shown as mean ± SD, n = 4. **p < 0.01; ***p < 0.001.


Vitamin D3 has been shown to improve CYP3A4 induction in Caco-2 cells by Kasendra et al. (2020) and improve tight junction conductance (Chirayath et al., 1998) possibly through the interaction with Claudin-2 gene as shown by Zhang et al. (2015). We found that vitamin D3 treatment prior to p-cresol exposure improved membrane integrity, while enhancing p-cresol metabolism (Figure 5).


[image: Figure 5]
FIGURE 5. The effect of vitamin D3 pre-treatment on Caco-2 metabolic capacity (A) and membrane integrity (B) upon subsequent treatment with 50 μM p-cresol for 3 h. Data are shown as mean ± SD, n = 4. *p < 0.05.


To verify the differentiation and polarization, cells were examined with TEM and the images obtained (Figure 6) clearly shows the formation of microvilli on the apical membrane and tight-junctions at the lateral side.


[image: Figure 6]
FIGURE 6. (A,B) TEM images of Caco-2 cells on HFM in the GDFS cultures showing (B) the tight junctions (white arrow) and microvilli (black arrow).


Next, the optimization for the pump-driven flow system (PDFS) was performed. We carried out computations to determine the range of flow rates that would result in physiologically relevant shear stresses for gut tubules. Our fluid dynamics' simulation showed a fairly uniform shear stress along almost the whole length of the fiber with the top surface being exposed to the maximal stress (Figure 3). Flow rates of 30, 60, 90, and 125 μL/min, corresponding to maximum shear stresses of 0.003, 0.005, 0.008 and 0.011 dyne/cm^2, were chosen in the physiologically relevant range.

GDFS has been shown to improve Caco-2 differentiation and functionality compared to static cultures (Jochems et al., 2019). Similarly, shear stress has been shown to improve Caco-2 differentiation compared to static cultures (Kim and Ingber, 2013; Shim et al., 2017). Additionally, a time-course experiment investigating the effect of shear stress on Papp has been recently reported by Kasendra et al. (2020). In this work, Papp of Duodenum-on-a-chip was shown to decrease over time for cells cultured under shear stress.

In our work, Caco-2 cells cultured in a GDFS for 21 days were compared to ones cultured in a PDFS for 10 days. We have shown that uni-directional flow achieved by the PDFS was crucial for the formation of a tight monolayer as evident by the apparent permeability (Papp) (Figure 7B) when compared to the bi-directional flow of the GDFS.


[image: Figure 7]
FIGURE 7. Functional analysis of Caco-2 cells in GDFS vs. PDFS. PDFS exhibited higher p-cresol metabolic capacity into p-cresol glucuronide (pCG) and p-cresol sulfate (pCS) (A), tighter monolayer formation (B), improved brush border activity (C) and better differentiation in terms of villi formation (D). Data are shown as mean ± SD, n = 2–4. *p < 0.05; ***p < 0.001.


Moreover, Caco-2 cells in the PDFS formed villi and crypts reminiscent of intestinal villi (Figure 7D). The protective and metabolism-inducing effect of Vit. D3 on Caco-2 cells was augmented in the PDFS as compared to the GDFS (Figures 7A,B). Additionally, the brush-border activity expressed in terms of alkaline phosphatase activity was significantly improved under uni-directional flow in the PDFS compared to the bi-directional flow of the GDFS (Figure 7C).

Fibers were subjected to these flows for 10 days and analyzed by confocal imaging, showing the formation of tight-junctions without considerable interruptions at 90 and 125 μL/min (Figure 8).


[image: Figure 8]
FIGURE 8. Confocal microscope images of Caco-2 cells in PDFS after 10 days under 30 (A), 60 (B), 90 (C), and 125 (D) μL/min. Images show staining for tight-junctions (ZO-1, red), villi (villin, green), and nuclei (DAPI, blue).




3.3. Axial Flow Between Concentric Cylinders

Recall that the flow in our experiment was driven by a peristaltic pump to mimic the time oscillating nature of fluid flow in human organs. In the experimental geometry, we have only determined the steady state flow rate, since the design results in a computationally heavy numerical evaluation. We have determined the full time-harmonic flow rate between concentric cylinders to have a more complete prediction of the shear stress on the cells in our (optimal) experiment.

Solving Equation (2) for axial flow between concentric cylinders and using the spatial derivative from Equation (4), resulted in an explicit expression for the shear stress on the cells of the form (see Supplementary Material for details on the calculation):

[image: image]

Equation (5) reveals not only a phase shift, ϕτ, between the applied pressure and experienced stress – which is not so relevant given the long duration of exposure to stress – but also a reduction factor Aτ(Rω, R2/R1) of the time-dependent stress amplitude compared to the stationary stress. Explicit expressions of Aτ and ϕτ in terms of Rω and R2/R1 are given in the Supplementary Material. Thus, with Equation (5), we have an explicit evaluation of the shear stress on the cells for all system parameters, which allows for efficient prediction of the shear under any conditions. In Figure 9, we plot Aτ as a function of Rω for a few cylinder geometries R2/R1.


[image: Figure 9]
FIGURE 9. Reduction factor Aτ of the time-dependent shear stress amplitude compared to the stationary stress as in Equation (5) on log-log scale.


In Figure 9 we observe that, in the static limit (Rω → 0), there is no reduction of the shear stress, i.e., Aτ → 1 for each radii ratio. We also confirmed in Langerak (2019) that ϕτ → 0 in the same Rω → 0 limit, such that the shear stress (Equation 4) reduces to a stationary shear stress in the static limit, as predicted. Furthermore, in Figure 9 we see that Aτ goes to zero algebraically for high frequencies as [image: image] with a non-universal (radii ratio dependent) exponent α>0 that we do not study in any detail here. Thus, qualitatively, Figure 9 shows that there is a reduction factor Aτ ≤ 1 of the time-dependent stress compared to the stationary stress, that decreases for increasing driving frequency.

Note that for our parameters, Rω≈100 and R2/R1≈0.25, we have a reduction factor of Aτ≈0.2. This indicates that the time oscillating behavior of the system is non-negligible in terms of the effect on the shear stress and we indeed need the full time-dependent calculations instead of a much easier quasi steady-state approach.



3.4. Asymmetry in Optimal Geometry

To use our analytic results for efficient predictions in the optimal geometry, we analyzed the difference in shear stress on the cells in the optimal geometry (Figure 2A) and the concentric cylinder geometry Figure 2C for one set of parameter values as described in the section 2. The analysis is performed for both the steady state and time-oscillating solution, where we used data of the shear stress on points of the fiber for fixed angles ϕ/π = 0, 1/8, 1/4, 3/8, 1/2 in the center of the device. The resulting shear stress on the cells, as well as the analytic prediction is shown in Figure 10.


[image: Figure 10]
FIGURE 10. Oscillating shear stress on the cells in the optimal geometry as a function of time. The data points result from the numerical calculations in COMSOL, while the black dashed line is the analytic prediction in a concentric cylinder geometry. These results are obtained with the parameter settings as described in the section 2 and oscillation period T = 0.1s. The shown shear stress is the sum of a steady and a time-harmonic contribution. The inset highlights the steady state shear stress on the cells for various values of ϕ/π to indicate the homogeneity of the shear stress.


First, Figure 10, suggests that there is only a small error when we approximate the optimal geometry with concentric cylinders. An analysis of the results yielded a maximum deviation of about 10% in the shear stress between the two geometries. The minimum error was achieved using our analytic results with an outer cylinder of 98.6% of the radius we used to construct the optimal geometry. This suggests that we can use our analytic results as a reasonable approximation of the shear stress in the experiment.

Although the time dependent oscillatory stress is only shown for ϕ/π = 0, 1/2 in the main graph of Figure 10, we verified that the shear stress is in between these values for other azimuthal angles. Furthermore, we see in the inset of Figure 10 that we have a very homogeneous steady-state shear stress in the optimal geometry, with a relative deviation from the average of only 4%. Thus, we observed a nearly homogeneous shear stress on the cells in the optimal geometry, which is well-approximated by our analytic calculations.




4. CONCLUSIONS

A new intestinal chip was designed using numerical computation of the fluid flow and the result is shown in Figure 1. This three dimensional setup is constructed using an inert biocompatible polylactic acid instead of the common microfabrication with PDMS to minimize solute absorption. The setup does still allow for high-resolution, real-time imaging of biochemical activities. Furthermore, cells are seeded on a hollow fiber, which adds curvature to the cell structure and does not hinder transport of physiological solutes.

With our design, we aimed to optimize cell differentiation toward a tight mono-layer of functional organ cells. With numerical and analytic calculations, we found a design that result in a tuneable, time oscillating and (nearly) homogeneous shear stress on the cells in the physiologically relevant regime.

The cells in our flow setup exhibited a higher p-cresol metabolic capacity, tighter monolayer formation, improved brush border activity (alkaline phosphatase) and better differentiation in terms of villi formation (Figure 7) compared to previous studies like Jochems et al. (2019). Thus, this novel microphysiological system is already a promising tool for studies of the metabolic functions of the intestine.

Furthermore, we have shown that we can improve the homogeneity of the shear stress even further with a design similar to concentric cylinders (Figure 2A). Using analytic calculations, we can fully predict and tune the time-dependent shear stress on the cells with an error of order 10%. We predicted a nearly homogeneous shear stress on the cells with a relative deviation of 4% around the fiber, compared to a 22% deviation in the experimental geometry. Since the shear stress is determined as a function of all free system parameters, in future studies, these analytic results can be used to efficiently predict the stress for all pressure gradient ratios ϵ and driving frequencies ω.

In addition to design optimization to ensure homogenous shear stress, future work will also focus on optimization of the biological component through using organoids instead of Caco-2 cells; thereby recapitulating the complexity of the intestinal tissue. Furthermore, the use of Caco-2 is not ideal since the use of organoids or iPSC-derived cells will better recapitulate the complexity of the in vivo intestinal tissue (Dutton et al., 2019). However, this was a first step to establish a novel gut-on-a-chip and in the future more experiments optimizing such a chip both in terms of fluid dynamics and biological relevance to the intestine will be carried out.

In conclusion, we have shown that our new intestinal chip gives an improved functional mono-layer of cells. Finally, it has the potential to study other organs (in a modular way) at a later stage, since the shear stress is fully tuneable.
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Tuberculosis (TB) is one of the most potent infectious diseases in the world, causing more deaths than any other single infectious agent. TB infection is caused by inhalation of Mycobacterium tuberculosis (Mtb) and subsequent phagocytosis and migration into the lung tissue by innate immune cells (e.g., alveolar macrophages, neutrophils, and dendritic cells), resulting in the formation of a fused mass of immune cells known as the granuloma. Considered the pathological hallmark of TB, the granuloma is a complex microenvironment that is crucial for pathogen containment as well as pathogen survival. Disruption of the delicate granuloma microenvironment via numerous stimuli, such as variations in cytokine secretions, nutrient availability, and the makeup of immune cell population, can lead to an active infection. Herein, we present a novel in vitro model to examine the soluble factor signaling between a mycobacterial infection and its surrounding environment. Adapting a newly developed suspended microfluidic platform, known as Stacks, we established a modular microscale infection model containing human immune cells and a model mycobacterial strain that can easily integrate with different microenvironmental cues through simple spatial and temporal “stacking” of each module of the platform. We validate the establishment of suspended microscale (4 μL) infection cultures that secrete increased levels of proinflammatory factors IL-6, VEGF, and TNFα upon infection and form 3D aggregates (granuloma model) encapsulating the mycobacteria. As a proof of concept to demonstrate the capability of our platform to examine soluble factor signaling, we cocultured an in vitro angiogenesis model with the granuloma model and quantified morphology changes in endothelial structures as a result of culture conditions (P < 0.05 when comparing infected vs. uninfected coculture systems). We envision our modular in vitro granuloma model can be further expanded and adapted for studies focusing on the complex interplay between granulomatous structures and their surrounding microenvironment, as well as a complementary tool to augment in vivo signaling and mechanistic studies.

Keywords: in vitro granuloma model, open microfluidics, immune signaling, paracrine signaling, microenvironment, modular


INTRODUCTION

Tuberculosis (TB) is one of the most potent infectious diseases in the world, causing more deaths than any other single infectious agent (World Health Organization, 2019). TB infection is caused by inhalation of Mycobacterium tuberculosis (Mtb) and subsequent phagocytosis and migration into underlying lung tissue and the lymph system by responding immune cells (e.g., alveolar macrophages and dendritic cells) (Kaufmann, 2004; Saunders and Britton, 2007). Due to the inability of these innate immune cells to clear Mtb, persistent Mtb induce an adaptive immune response, leading to the formulation of a fused mass of immune cells around Mtb known as a granuloma (Saunders and Britton, 2007). Within the granuloma, Mtb typically enter a latent phase characterized by a non-proliferative phenotype and lipid uptake (Peyron et al., 2008; Deb et al., 2009; Russell et al., 2009), leading to a latent infection that is effectively contained (World Health Organization, 2019). However, disruption of the delicate equilibrium between proinflammatory factors [e.g., tumor necrosis factor-α (TNFα), interferon-γ (IFNγ)], microenvironment conditions (e.g., hypoxia and pH), and immune cell populations (e.g., macrophages and T cells) can lead to reactivation of latent Mtb and deterioration of the granuloma, initiating an active TB infection and dissemination of infectious mycobacteria (Russell et al., 2009; Ramakrishnan, 2012).

Deciphering the impact of microenvironment variations around the granuloma remains a significant challenge, and researchers often rely on in vivo animal models or biological samples (e.g., blood and tissue biopsy), considered the gold standard for studying TB, to reconstruct this complex environment. These methods have laid the foundation for understanding the pathogenesis and immunology behind TB, yet many existing in vivo models do not accurately recapitulate Mtb infection as seen in humans (although recent advances in mouse models and the established zebrafish/M. marinum model are closing this gap) (Cronan and Tobin, 2014; Myllymäki et al., 2016; Gern et al., 2017; Zhan et al., 2017; Cronan et al., 2018; Yong et al., 2018). Additionally, despite recreating the complexity of an in vivo environment, spatial manipulation and probing of the granuloma microenvironment through introduction or removal of immune and tissue components is difficult in most animal models (Scanga and Flynn, 2014; Foreman et al., 2017; Zhan et al., 2017). Further, human-derived biological samples provide detailed cellular information regarding the granuloma, the immune response, and disease status (Guyot-Revol et al., 2006; Berry et al., 2010; Darboe et al., 2019; Ogongo et al., 2020), but are inherently limited as they only reflect a singular point in time, rather than the dynamic interactions that occur during the early stages of infection or disease progression.

Alternatively, researchers have utilized in vitro models to examine specific processes and immune phenomena associated with TB infection and granuloma formation, augmenting the valuable information elucidated from in vivo models (Birkness et al., 2007; Peyron et al., 2008; Deb et al., 2009; Kapoor et al., 2013; Elkington et al., 2019). These models, which often rely on infection of patient-derived peripheral blood mononuclear cells (PBMCs) with mycobacterial strains, have successfully mimicked granuloma formation and behavior through soluble factor signaling between immune cells (Puissegur et al., 2004; Birkness et al., 2007; Crouser et al., 2017), Mtb reactivation (Kapoor et al., 2013), and PBMC differentiation (Peyron et al., 2008). However, many of these in vitro models consist of granulomas grown inside of well plates (Puissegur et al., 2004; Birkness et al., 2007; Peyron et al., 2008; Kapoor et al., 2013; Crouser et al., 2017), limiting the ability of the researchers to easily manipulate the microenvironment of the granulomas and increase the complexity of their granuloma models through multiculture and introduction of key components of the microenvironment on demand. Recently, more complex, biomimetic models have been developed that have successfully recapitulated important biological phenomena (Parasa et al., 2014, 2017) and examined novel therapeutic approaches to combat TB infection (Bielecka et al., 2017; Tezera et al., 2017), while simultaneously demonstrating innovative and tractable platforms. However, these models face limitations in studies where users wish to subject granulomas to various microenvironmental cues over time, or in enabling the addition of tissue components after the model is established.

Building upon the foundation created by previous in vitro models, we present the creation of a novel microscale in vitro granuloma model that can be adapted to study the soluble factor signaling between granulomas and their surrounding microenvironment immediately following infection. Using a recently developed modular microfluidic coculture platform, known as “Stacks”(Yu et al., 2019), we demonstrate a multi-layered coculture that can be spatially and temporally manipulated to mimic different microenvironments and timepoints. The Stacks platform utilizes suspended cultures, wherein a droplet is contained in a well consisting of walls but lacking a ceiling or floor (Casavant et al., 2013; Humayun et al., 2018; Berthier et al., 2019), thereby enabling users to vertically stack layers containing different cell types and place them in signaling contact (Yu et al., 2019). The modular component of the Stacks, as well as of other microfluidic platforms, offers a notable advantage as users can optimize model conditions individually and connect each component to create different complex systems (Ong et al., 2019; Yu et al., 2019). As a proof of concept, we use a model mycobacterial strain known to induce granuloma formation in vitro (Seitzer and Gerdes, 2003; Puissegur et al., 2004), Mycobacterium bovis Bacillus Calmette- Guérin (BCG), with human blood-derived immune cells and validate its ability to form an in vitro granuloma model on the microscale (4 μL culture volume) in a layer of the Stacks platform. Further, to demonstrate the ability of our stackable microscale infection model to signal with its surrounding microenvironment in a proof-of-concept system, we miniaturize an existing in vitro angiogenesis model (containing primary human endothelial cells) within a separate stackable layer (Koh et al., 2008; Lonza, 2018; Yu et al., 2019). Here, we validate the development of our microscale in vitro granuloma model and demonstrate the capability of the system to support soluble factor signaling between the granuloma model and a separate stackable endothelial culture. We envision our modular in vitro granuloma model can be further developed to include additional layers of immune cells, tissue models, and pathogens for studies examining the complex interplay between granulomatous structures and their surrounding environment, as well as a complementary tool to augment in vivo signaling and mechanistic studies.



RESULTS AND DISCUSSION


Microscale Granuloma Model Design and Overview

We present a modular in vitro platform that we adapted to enable the ability to add, modify, and manipulate the granuloma microenvironment for studying the effects of cellular signaling on granuloma formation and development. To create this in vitro model, we adapted a previously described open microfluidic platform [“Stacks”(Yu et al., 2019; Figure 1)] that relies on key fluidic principles, namely capillary pinning, to enable vertical stacking and removal of discrete cell culture wells without leakage or horizontal flow between stacked layers. The pinning of fluids within this platform is vital to contain cultures within the open wells and allows for the connection and separation of the wells without bonding or disruption of the cultures, respectively. Additionally, the Stacks platform provides numerous advantages such as pipette accessibility (due to its open culture wells), bio- and imaging compatibility (due to its fabrication from polystyrene or polypropylene), and microscale culture wells. Further, the Stacks device relies on surface tension and capillary forces for functionality, removing the need for external pumps commonly associated with microfluidic chips (i.e., syringe pumps) and allowing it to fit within common cell culture materials (e.g., OmniTrayTM, petri dish) and incubators. For our in vitro model system, we created an independent layer that can be clicked together with other layers containing culture models to initiate paracrine signaling or separated for independent analysis, thereby allowing us to temporally introduce different signaling microenvironments to our in vitro granuloma model (Figure 1; Yu et al., 2019). This Stacks layer, herein called the granuloma layer, consists of an infection model of human monocyte-derived macrophages (MDMs) and a model mycobacterium strain, Mycobacterium bovis Bacillus Calmette-Guérin (BCG), suspended in a 3D extracellular matrix (ECM) plug to mimic some aspects of in vivo granuloma behavior (e.g., pathogen encapsulation, soluble factor secretion, aggregate formation) previously observed in other in vitro granuloma models (Birkness et al., 2007; Kapoor et al., 2013; Crouser et al., 2017).
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FIGURE 1. Suspended open microfluidic platform enables creation of a modular in vitro granuloma model. (A) Schematic workflow showing setup and establishment of the model granuloma layer in the Stacks platform. Once established, the model granuloma layer can be stacked with other layers to initiate coculture paracrine signaling. (B) The “Stacks” platform (Yu et al., 2019) contains an array of 24 individual suspended wells to facilitate the exchange of signals through the top and bottom of the well to neighboring layers and can be easily combined and removed. The inset illustrates the open suspended wells (2 mm diameter) and pinning ridges required to prevent leakage within the platform.


Previous in vitro granuloma models successfully recapitulated important components of granulomatous infections including leukocyte recruitment and signaling, establishment of dormancy and resuscitation, and genetic diversity at scales ranging from 12 well plates to 96 well plates (Birkness et al., 2007; Kapoor et al., 2013; Crouser et al., 2017). Our model adds to these existing techniques through miniaturization and introduction of modularity to enable examination of the signaling phenomena between a mycobacterial infection and its surrounding microenvironment. We reduce the volume of our cultures (4 μL/well) more than 10-fold from previous examples (50–500 μL/well) to decrease cell and reagent usage in our model; further, we mix BCG and MDMs together in a 3D extracellular matrix (ECM), without pre-infecting the MDMs, to establish the infection in our granuloma layer after a minimum of 24 h (Figure 1). However, due to the scale of the model (4 μL/well), the media buffering capacity, nutrient availability, waste accumulation, and multiplicity of infection (MOI) all needed to be optimized to permit successful formation of the granuloma layer (Supplementary Information 2). This is consistent with prior investigations on the effects of miniaturization on mammalian cell cultures (Su et al., 2013).



Validation of Granuloma Model in Stacks Platform

To validate the successful establishment of a microscale in vitro granuloma model within our platform, we used three separate previously reported readouts: (1) aggregate formation, (2) encapsulation of the mycobacterium within host immune cells, and (3) soluble factor analysis (Birkness et al., 2007; Kapoor et al., 2013; Crouser et al., 2017; Tezera et al., 2017). After initiating infection by mixing MDMs and BCG into the ECM (collagen I) and seeding it into the wells, we consistently observed aggregate formation in the granuloma layer containing BCG when wells were fixed and imaged on Day 4 post infection (p.i.) (Figure 2, Supplementary Figure 3, and Supplementary Table 1). Using mCherry-expressing BCG, we observed aggregation of CellTracker Green-stained MDMs around the BCG in infection wells, whereas little to no aggregate formation was observed in the uninfected control wells (Figure 2); the 3D structure of the aggregates containing MDMs and BCG was confirmed through confocal imaging of the granuloma layers on Day 4 p.i. (Figure 2). We observed complete encapsulation of BCG within the multi-cellular aggregate, oftentimes noting the presence of multiple spatially distinct BCG within one aggregate and little to no extracellular BCG (Figure 2). An advantage of mixing the BCG and MDMs without direct pre-infection of the MDMs is that MDMs must sample and migrate through the 3D collagen matrix in order to initiate the infection and respond to other infected MDMs, a process which is further supported by the microscale culture wells and an optimized MOI of 0.05. Further, CellTracker Green staining of the MDMs enables live cell imaging of these multicellular aggregates (no fixation and additional preparation steps required), as the dye stains live cells and is retained intracellularly (Supplementary Figure 3).
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FIGURE 2. Aggregation of M. bovis BCG and MDMs in 3D collagen plugs within a layer of the Stacks microscale culture system. (A) CellTracker Green-stained MDMs remain dispersed in a 3D collagen plug in the absence of coincubation with BCG. (B) MDMs encapsulate mCherry-expressing BCG in the granuloma layer and form large multicellular aggregates that surround the BCG-infected MDMs and contain the mycobacterium within the aggregate. Confocal microscopy shows the structure of the aggregated MDMs with BCG and illustrates containment of the BCG within the aggregate of MDMs in the suspended 3D collagen plug. Representative images obtained on Day 4 p.i. MOI: 0.05. Scale bar: 100 μm. Bottom image depicts x-z plane (66.5 μm thickness) and right image depicts y-z plane (66.5 μm thickness).


To illustrate the capability of our model to be used for soluble factor signaling studies, we analyzed the secretion profile of three granuloma-associated proinflammatory factors: interleukin-6 (IL-6), tumor necrosis factor α (TNFα), and vascular endothelial growth factor (VEGF) (Figure 3) from the model granuloma layer (in monoculture) (Lin et al., 2007; Martinez et al., 2013; Singh and Goyal, 2013; Polena et al., 2016). In accordance with previous models and studies (Birkness et al., 2007; Lin et al., 2007; Martinez et al., 2013; Singh and Goyal, 2013; Polena et al., 2016) we observed significantly greater secretion of IL-6 (P = 0.005) and VEGF (P = 0.039) in our infected granuloma layers (+BCG) when compared to our control layers containing uninfected MDMs in monoculture (−BCG); further, we observed a 5–17-fold increase in TNFα secretion in 3 out of 4 independent experiments under the same conditions and a strong trend toward greater TNFα secretion (Figure 3 and Supplementary Figure 4). We also observed decreasing secretion of IL-6, TNFα, and VEGF over 5 days, with the greatest concentrations observed for IL-6 and TNFα on Day 1 and for VEGF on Day 2 (Figure 3 and Supplementary Figure 4). These results indicate that our platform is able to exhibit infection-dependent increases in soluble factor secretion, wherein there is a large burst of proinflammatory factors immediately following infection, that then decreases and stabilizes over time as we begin to observe aggregate formation in the granuloma layers. Additionally, while we observe the anticipated increases in the secretion of these factors, we would expect a more robust response if more virulent strains than BCG were used, as increased secretion of factors has been observed with infection by more virulent mycobacterial strains (Engele et al., 2002; Polena et al., 2016). In this work, we selected IL-6, VEGF, and TNFα as well-established cytokines to validate the secretion profile of our model (Birkness et al., 2007; Kapoor et al., 2013; Domingo-Gonzalez et al., 2016; Polena et al., 2016; Crouser et al., 2017); in particular, we included factors relevant for angiogenesis (i.e., VEGF) to validate its use in vasculature coculture models. Importantly, many other customizable combinations of signaling molecules can be analyzed depending on the biological question of interest, further supporting the use of this model granuloma layer for different biological assays. Thus, these results support the use of our microscale granuloma model for studies of soluble factor signaling involving the granuloma layer, and its broader use for mycobacterial infection cytokine studies (Domingo-Gonzalez et al., 2016).
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FIGURE 3. Soluble factor analysis of granuloma layer supernatants illustrates proinflammatory profile of infection model. Infection with BCG causes significant increases in secretion of (A) IL-6 and (C) VEGF in the Stacks platform, and shows an increasing trend in (B) TNFα secretion Day 1 p.i. Secretion of IL-6, TNFα, and VEGF decreases over time in infected granuloma layers following infection, corresponding with the formation of aggregates starting around Day 3 p.i. For Day 1–5 p.i., media was replaced daily and supernatant collected from each day was analyzed. Each point represents pooled supernatant samples from 24 technical replicates from n = 4 independent experiments. Error bars: SEM. *P < 0.05; **P < 0.01; Ratio paired t-test. Results from each independent experiment on each day are provided in Supplementary Figure 4 for reference.




BCG Granulomas Modulate Endothelial Structure Morphology in vitro

As a proof of concept to demonstrate the use of our microscale granuloma model in the Stacks platform, we developed a coculture system containing an established angiogenesis model (Koh et al., 2008; Sarkanen et al., 2011; Theberge et al., 2015; Lonza, 2018; Yu et al., 2019) that can be used to probe granuloma-associated angiogenesis (Datta et al., 2015; Oehlers et al., 2015; Osherov and Ben-Ami, 2016; Polena et al., 2016). Mycobacterium-mediated angiogenic processes and granuloma vascularization result from the secretion of proangiogenic factors by the infected immune cells that compose the granuloma and play a complex and evolving role during the course of infection (Oehlers et al., 2015, 2017; Polena et al., 2016; Torraca et al., 2017). Extensive work has been conducted on understanding the role of angiogenesis in granuloma outcome, finding that inhibition of VEGF and other signaling pathways reduces pathogenicity and dissemination of infectious mycobacteria (Oehlers et al., 2015; Polena et al., 2016; Harding et al., 2019) while normalizing surrounding vasculature, improving small molecule delivery, and decreasing hypoxia within the granuloma (Datta et al., 2015). Similarly, we observed increased secretion of VEGF from infected cells within our microscale granuloma model (Figure 3C), and therefore sought to illustrate one potential use of our platform as a complimentary tool for studies examining this infection-mediated process.

To establish this granuloma-vasculature model coculture system, we created a second Stacks layer containing a floor, enabling culture of human endothelial cells on a hydrogel plug (Matrigel) while retaining the ability to be placed in soluble factor signaling contact with the granuloma layer. We selected an in vitro model of angiogenesis that has been extensively used to screen angiogenic stimulants and inhibitors, wherein human endothelial cells cultured in well plates self-assemble into tubule-like networks and demonstrate cell sprouting and branching (Bishop et al., 1999; Koh et al., 2008; Sarkanen et al., 2011; Lonza, 2018). To adapt this in vitro angiogenesis model into a Stacks layer (herein called the endothelial layer) for use, we miniaturized the established in vitro angiogenesis assay (Koh et al., 2008; Lonza, 2018) and seeded it into a separate Stacks layer that could then be subsequently clicked together with the granuloma layer to initiate soluble factor signaling between the two layers (Figure 4 and Supplementary Information 3).
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FIGURE 4. Schematic representation of granuloma layer-endothelial layer coculture workflow. The granuloma model layer and the endothelial layer (representing a model microenvironment system) are independently cultured in optimized conditions prior to stacking the layers to initiate soluble factor signaling; after coculture, layers are separated and the morphology of the multicellular endothelial structures is analyzed. For the experimental time points used in this coculture system, we note the absence of large multicellular aggregates within the granuloma model layer, in accordance with our temporal observations (Supplementary Table 1).


By placing the primary human endothelial cells on a separate Stacks layer, we demonstrate one potential use of our model to examine the induction of angiogenic processes around the granuloma layer and how those angiogenic processes are affected by the soluble factor signaling profile of the granuloma layer in a proof of concept system. In order to examine the influence of the soluble factor profile from the granuloma layer on the endothelial layer, we independently established the granuloma layer and the endothelial layer under their optimized culture conditions (Figure 4); the modularity of the Stacks platform enables both layers to be cultured in their optimal conditions (and in separate incubators) without risk of cross contamination prior to joining the layers. The granuloma layers were infected and incubated 24 h prior to clicking with the endothelial layer, and the endothelial layers were seeded 2 h prior to allow the cells to self-assemble into a tubule-like network (Sarkanen et al., 2011; Lonza, 2018). Within this experimental timeframe, we note the absence of large multicellular aggregates within the granuloma layer like those observed on Day 4 p.i., and this is in accordance with our temporal observations (Supplementary Table 1). Separate layers were then stacked together and connected by a bridge of shared media to allow passage of factors between the two layers (Figure 4). After 16 h of signaling, we separated the layers and fixed, stained, and imaged the vasculature to analyze its morphology as a result of coculture with the granuloma layer (Figure 5). We found that after 16 h of coculture, endothelial cells in contact with infected granuloma layers (+BCG) formed thinner, centralized structures with diffuse cell sprouts extending from the center, whereas endothelial cells in contact with uninfected control layers (−BCG) formed wider and larger structures that retained some interconnected networks (Figure 5). We quantified these morphological differences through measurement of their tubule index, a metric that measures the ratio of the endothelial structure perimeter to the endothelial structure area and can be used to discern between endothelial structure morphologies (e.g., tubule network, single tubule, and islands/clusters) (Theberge et al., 2015), and found significant morphological differences between endothelial layers cocultured with infected granuloma layers (+BCG) when compared with uninfected granuloma layers (−BCG) (Figure 5). The morphological change is likely the result of the increased secretion of factors from BCG-infected MDMs, such as VEGF (Figure 3C); however, it is possible that additional factors we did not quantify are also contributing to the differences in endothelial morphology. Ultimately, the induction of morphology changes in the endothelial layer as a result of coculture with different model granuloma layers illustrates the ability of the granuloma layer to signal with a neighboring layer representing microenvironmental components.
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FIGURE 5. Coculture of endothelial layer with granuloma layer impacts morphology of multicellular endothelial structures. Representative images of an endothelial layer cocultured with an uninfected (-BCG) layer (A) or infected (+BCG) layer (B) for 16 h, illustrating the difference in endothelial morphology as a result of coculture. (C) The tubule index (perimeter/area ratio) was used to quantify the morphology of endothelial structures and shows a significant difference between coculture conditions, demonstrating the ability of the model granuloma layer to signal with the endothelial layer. Scale bar: 100 μm. Error bars: SEM. P < 0.05, unpaired t-test. Each point represents the average ratio of an independent experiment (n = 4 independent experiments are plotted).


As we chose to connect the layers at Day 1 p.i. to correlate with increased levels of VEGF and cytokine secretion (Figure 3), we expect our model and results would mimic an earlier time point in infection, when the mycobacteria-infected cells are still secreting proinflammatory factors to recruit other immune cells and the vasculature. Depending on user queries, these layers can also be stacked at more advanced time points (such as from Day 2 p.i. to Day 3 p.i., Day 4 p.i. to Day 5 p.i., and so forth) to study the effect of a later soluble factor profile on the surrounding vasculature, illustrating a key advantage of the modularity of the Stacks system and the flexibility in timing to combine the layers (Figure 4). Further, the ability of the model granuloma layer to communicate with the vasculature and modulate the endothelial morphology demonstrates the usage of this platform for signaling studies between our infected granuloma layers and microenvironment components. It is important to note that in our platform, the granuloma layer is not vascularized directly, as is observed in vivo (Datta et al., 2015), and that in our system, our endothelial layer is more akin to modeling the surrounding vasculature that is manipulated during early TB infection (Oehlers et al., 2015; Polena et al., 2016). The ability to create two independent layers that are in soluble factor signaling contact enables users to isolate the effects of the soluble factors from the granuloma layer on its surrounding microenvironment without interference from juxtacrine signaling or physical interactions.



CONCLUSION

Microenvironmental effects, such as soluble factor signaling, play a vital role in granuloma outcome, as the immune system attempts to contain and impede pathogenic mycobacterium from manipulating its environment in favor of its survival (Ramakrishnan, 2012). For example, induction of angiogenic processes by Mtb in the microenvironment surrounding a granuloma have been linked to pro-pathogen outcomes (Oehlers et al., 2015; Osherov and Ben-Ami, 2016), while treatment with anti-angiogenic factors can be a potential treatment option to improve the effects of existing drug regiments (Datta et al., 2015). To further understand the signaling environment and timeline of these phenomena, we created a novel in vitro granuloma model that can be used to study soluble factor signaling between the granuloma and its surrounding microenvironment. As a proof of concept model, we created a two-layered modular microfluidic system containing a mycobacterial infection and an endothelial vasculature model that can be used to compliment in vivo granuloma and angiogenesis models (Datta et al., 2015; Oehlers et al., 2015, 2017; Polena et al., 2016). We demonstrate creation of a viable mycobacterial infection using human blood-derived immune cells and BCG within a 4 μL suspended collagen plug, and validate the secretion of proinflammatory cytokines associated with mycobacterial infection. Further, we provide a model coculture system that can be used to probe granuloma-associated angiogenic processes in vitro. The modularity and microscale size of our model enables users to add or remove additional cell types at various time points, and to utilize limited cell populations, such as patient cells or rare immune cells, and valuable reagents, such as antibodies or expensive drugs. In this work, we demonstrate the use of the Stacks platform within a system containing predetermined analytical endpoints; however, the modularity of the platform allows users to conduct exploratory studies to examine the effect of the duration or configuration of the Stacked coculture on various biological outputs without predefined time points. Additionally, the design of the platform and fabrication method supports the creation of arrays to test various culture conditions/treatments and customizability to introduce additional functionality (e.g., flow), as well as easy integration with BSL3 laboratory workflows as the device is disposable and fits inside common cell culture materials (e.g., petri dish, OmniTrayTM, etc.). Further development of our system includes the addition of adaptive immune cells (e.g., T cells) and introduction of parenchymal and stromal cells (e.g., epithelial cells, fibroblasts) to model signaling interactions in the pulmonary environment, probing the soluble factor profile of varied mycobacterial infection signaling phenomena (i.e., expanding the cytokines measured), as well as the use of virulent M. tuberculosis to induce more in vivo-like responses. Ultimately, we created a tractable and customizable mycobacterial infection model that can be utilized by other researchers to examine the various signaling components of a complex tuberculosis infection.



MATERIALS AND METHODS


Stacks Device Fabrication

Stacks devices (Yu et al., 2019) were fabricated from either polypropylene (PP) (granuloma layer) or polystyrene (PS) (endothelial layer) (Supplementary Figure 1 and Supplementary Table 1). PP devices were injection molded (ProtoLabs, Maple Plain, MN, United States) and were flattened using a bench top manual heated press (#4386, Carver Inc., Wabash, IN, United States) for 1 h at 110°C (protocol in Supplementary Information 1). After flattening, devices were cleaned with isopropanol (IPA) sonication for 1 h to remove any fabrication residue or contaminants, and then rinsed twice with fresh IPA before drying with compressed air. Prior to use, devices were UV-sterilized for 30 min in a biosafety cabinet. PS devices containing a floor were designed using Fusion360 CAD software (Autodesk, San Rafael, CA, United States) and milled using a Datron Neo CNC mill (Datron Dynamics Inc., Livermore, CA, United States). PS devices and bottoms (floors, 53 mm × 53 mm) were milled from 1.2 mm thick PS sheets (Goodfellow Corp., Coraopolis, PA, United States). To attach the floor to the PS Stacks layer, floors were solvent bonded to the bottom of the Stacks layer using acetonitrile at 75°C for 10 min, followed by 15 min at 75°C to allow excess acetonitrile to evaporate. Solvent-bonded devices were then sonicated in IPA for 80 min and 70% ethanol for 15 min. Devices were then soaked in sterile deionized water for a minimum of 3 h, dried with compressed air, and UV-sterilized for 30 min prior to use. Device holders were designed on Solidworks CAD software (Solidworks Corp., Waltham, MA, United States), converted into G-code using SprutCAM CAM software (SprutCAM, Naberezhnye Chelny, Russia), and milled using a Tormach PCNC Micromill (Tormach Inc., Waunakee, WI, United States). Device holders were fabricated from 4 mm thick PS and were sonicated in IPA for 1 h and UV-sterilized for 30 min prior to use. All device and device holder design files are included in the Supplementary Table 1.

To prevent evaporation of microliter volumes of samples, culture platforms were placed in a Nunc OmnitrayTM (Thermo Fisher Scientific) which was then placed in a bioassay dish (#240835, Thermo Fisher Scientific) for secondary containment; both the Omnitray and bioassay dish were filled with sacrificial water droplets (1 mL and 5 mL, respectively) to create a humidified environment around the platform, and all cultures were then placed into a water-jacketed incubator.



Cell Culture

Human peripheral blood mononuclear cells (PBMCs) were isolated from patient whole blood samples (Bloodworks NorthWest, Seattle, WA, United States) using the Ficoll-Paque PLUS media density separation protocol (Thermo Fisher Scientific, Waltham, MA, United States). Briefly, blood samples were diluted with PBS (Thermo Fisher Scientific) and layered atop the Ficoll-Paque. Tubes were then centrifuged for 20 min at 1900 RPM without brakes, and afterward white blood cells at the plasma-Ficoll-Paque interface were collected and resuspended in PBS + 2% fetal bovine serum (FBS, Thermo Fisher Scientific) + 1 mM ethylenediaminetetraacetic acid (EDTA, Gibco, Thermo Fisher Scientific). Cells were then rinsed with subsequent centrifugation (10 min, 500 × g) and resuspension until the supernatant was clear. Isolated PBMCs were then cryopreserved in solution containing 90% heat-inactivated FBS (HI-FBS) (Thermo Fisher Scientific) and 10% dimethyl sulfoxide (DMSO) (Sigma-Aldrich, St. Louis, MO, United States) and stored in liquid nitrogen until use. To differentiate the PBMCs into monocyte-derived macrophages (MDMs), PBMCs were thawed and resuspended in serum free RPMI 1640 media (Gibco, Thermo Fisher Scientific); following resuspension, PBMCs were seeded into a 6 well plate (#3516, Corning Inc., Corning, NY, United States) and allowed to incubate for 3 h at 37°C and 5% CO2 for monocyte adhesion. After 3 h, suspended cells were removed, adherent cells were washed once with 1X phosphate-buffered saline (PBS, Fisher Scientific), and then RPMI 1640 containing 10% HI-FBS, 2 mM L-glutamine, 25 mM HEPES, and 50 ng/mL macrophage colony-stimulating factor (M-CSF) (R&D Systems, Minneapolis, MN, United States) was added to each well. Media was changed on Day 3 and Day 6 post-seeding, and MDMs were used after Day 6. For specific experiments or assays where users require a high purity of cells, we suggest the use of alternative methods, such as light-based or magnetic-activated cell sorting (MACS), to the methods we present here.

mCherry-expressing M. bovis Bacillus Calmette-Guérin (BCG) (graciously provided by the Urdahl Lab, Seattle Children’s Research Institute, Seattle, WA, United States) was cultured in Middlebrook 7H9 broth (Thermo Fisher Scientific) containing 10% Middlebrook ADC enrichment supplement (Thermo Fisher Scientific), 0.003% Tween-80 (Fisher Scientific), and 50 μg/mL hygromycin B (Sigma-Aldrich). A lower Tween-80 concentration had to be used to ensure that the surfactant did not interfere with the microfluidic media pinning in the Stacks device (Supplementary Information 2). BCG was cultured at 37°C and 170 RPM to an OD of 0.7–1.0 for use, passed through a 27G needle to break up aggregates, and diluted to a working concentration for the experiment. BCG was used for all experiments as it can be used within a BSL2 facility, and we did not have access to virulent mycobacterium strains nor a BSL3 facility to perform these experiments.

Human umbilical vein endothelial cells (HUVECs) (Lonza, Basel, Switzerland) were cultured in completed EGM-2 media and maintained at 37°C and 5% CO2 until 80–90% confluence. Passage 5–7 cells were used.



3D Granuloma Assay

Monocyte-derived macrophages were differentiated for a minimum of 6 days prior to use, and BCG was grown to an OD of 0.7–1.0 for use. MDMs were rinsed once with 1X PBS and detached with enzyme-free Cell Dissociation Buffer (#13151014, Life Technologies, Thermo Fisher Scientific) at 37°C for 5 min and vigorous pipetting. Detached cells were neutralized with complete RPMI 1640 media, counted, and resuspended at a density of 4 × 107 cell/mL. BCG was vortexed for 30 s, vigorously mixed via pipetting, and then diluted into 4 mL of complete RPMI 1640 media for a final concentration of 2 × 106 BCG/mL. An extracellular matrix (ECM) mix containing 80 μL 3 mg/mL type I bovine collagen (Advanced Biomatrix Inc., Carlsbad, CA, United States), 10 μL 10X HEPES buffer, 7 μL deionized H2O, 3 μL 0.5N NaOH, and 2.25 μL 1 mg/mL human fibronectin (Sigma-Aldrich) was mixed and stored on ice until use. To prepare the suspended cell-laden collagen plugs, 25 μL of MDMs (at 4 × 107 cells/mL) and 25 μL of BCG (at 2 × 106 BCG/mL) or 25 μL of complete RPMI 1640 was added to the ECM mix for a final volume of 152.25 μL and an MOI of 0.05. After mixing, 4 μL of the cell-laden ECM mix was added to each well in a PP device and allowed to gel at 37°C and 5% CO2 for 2 h. After gelation, 8 μL of RPMI 1640 containing 15% HI-FBS and 25 mM HEPES was added atop each well and returned to the incubator. Media was changed daily for the entirety of the experiments. For all monoculture infection experiments (Figures 2, 3), MDMs were stained with CellTracker Green CMFDA dye (Thermo Fisher Scientific) according to manufacturer’s protocols. Briefly, MDMs were rinsed with 1X PBS, and 10 μM CellTracker Green in serum-free media was added for 30 min at 37°C, washed once with 1X PBS, and then incubated with complete media for 10 min prior to further processing or use. It is important to note that CellTracker Green CMFDA dye only stains live cells.



2D Angiogenesis Assay

Prior to seeding, PS Stacks devices containing a floor were chilled for 5 min at −80°C and then kept on ice for Matrigel seeding. 3 μL of Matrigel (8.6 mg/mL) was added to each well and devices rested on ice 30 min. The Matrigel was then polymerized for 30 min at 37°C. After polymerization, 3 μL of HUVECs were added atop the Matrigel for a final concentration of 1,650 cells per well (5.5 × 105 cells/mL). Cells were allowed to adhere and self-assemble for 2 h at 37°C and 5% CO2. Media was then aspirated and replaced with 2 μL of EGM-2 + 10% FBS coculture media.

To stack the layers, media was first removed from the model granuloma layers. Model granuloma layers were then placed atop the endothelial layers (containing 3 μL of media) and 7 μL of coculture media was placed atop each well of the stacked granuloma layers, to allow for feeding of both layers. Layers were separated by a thin layer of tape along the sides of the devices to ensure reproducible separation. Stacked devices were then placed in the incubator at 37°C and 5% CO2. After 16 h, devices were inverted and separated, fixed with 4% paraformaldehyde for 30 min at 25°C, and stained as specified under Imaging. It is important to note that the self-assembled tubule network disassembles after 18–24 h of culture, therefore limiting the duration of the coculture experiment to within 2–18 h of seeding (Lonza, 2018); however, the modularity of this system enables users to combine layers at different time points (i.e., Day 2 p.i. to Day 3 p.i., etc.) to examine various temporal signaling profiles.



Imaging

To validate granuloma layer formation within our platform, MDMs were prestained with CellTracker Green CMFDA dye prior to infection and seeding into the Stacks. For imaging, the Stacks platform was placed on a 50 mm x 75 mm glass coverslip (#260462, Ted Pella Inc., Redding, CA, United States) and placed into an OmniTrayTM with a 45 mm x 70 mm rectangle cut out of the bottom. Fluorescent images were obtained on a Zeiss Axiovert 200 coupled with an Axiocam 503 mono camera (Carl Zeiss AG, Oberkochen, Germany). For confocal imaging, all wells were fixed with 4% paraformaldehyde for 1 h at 25°C and then covered with PBS; the same imaging protocol was then followed as above. Fluorescent confocal images were obtained on a Leica TCS SP5 II Laser Scanning Confocal Microscope (Leica Camera AG, Wetzlar, Germany), with a z-depth of 66.47 μm and step size of 1.01 μm. Images obtained with the Zeiss Axiovert 200 were analyzed with Fiji (ImageJ), and images obtained with the Leica TCS SP5 II were analyzed with Leica LAS X software (Leica).

For vasculature layer imaging, cells were permeabilized with 0.5% Triton-X 100 for 30 min and then stained with Phalloidin 488 (1:50) (Molecular Probe A12379) and Hoechst nuclear stain (1:1000) (Molecular Probe H1399) overnight. After overnight incubation, cells were rinsed thrice with 0.2% Triton-X 100 for 10 min each and then covered with PBS for imaging. Devices were placed on a 75 mm × 50 mm glass coverslip (#260462, Ted Pella Inc., Redding, CA, United States) and placed in an OmnitrayTM with a 45 mm × 70 mm rectangle cut out of the bottom. Fluorescent images were obtained on a Zeiss Axiovert 200 coupled with an Axiocam 503 mono camera (Carl Zeiss AG, Oberkochen, Germany). Images obtained were analyzed with Fiji (ImageJ).



Angiogenesis Morphological Analysis

To analyze differences in morphology in the endothelial layer we used default functions of Image J (Fiji) to quantify the tubule index (perimeter/area ratio) (Theberge et al., 2015). The image analysis procedure is described in the methods and SI of Theberge et al. (2015), a summary is included here. For quantification, the 8-bit image containing the phalloidin channel (488) was selected and a threshold (Huang Dark) was applied to get the outline of the endothelial culture and saved (Image 1). The “Fill Holes” function was applied and saved (Image 2), and then Image 2 was subtracted from Image 1 to generate an image containing the holes/gaps in the endothelial morphology (Image 3). The total area of the phalloidin stain was then calculated by subtracting the area of Image 3 (holes) from Image 2 (fill holes), and the perimeter of the stain was calculated by adding the perimeter of Image 2 and Image 3. The area and perimeter were measured using the function “Analyze Particles,” with the following parameters: size: 25-infinity (include pixel units), circularity: 0.00–1.00. The ImageJ macro for this process is included in the Supplementary Material and is based off the macro used in Yu et al. (2019).

Exclusion criteria for experimental artifacts that interfered with the imaging technique was developed to exclude wells unable to be analyzed with this technique. For example, if a collagen plug from the model granuloma layer detached and fell into a endothelial layer well during separation of the layers, the endothelial morphology was obscured by signal from the MDMs in the collagen plug and therefore unable to be accurately measured. All images were assigned a randomized code and individuals not involved in the project determined which images to exclude base on established criteria. Images were then analyzed according to the measurement protocol above.



Cytokine Analysis

Cytokine analyses were performed with a custom Luminex ProcartaPlex multiplex assay for IL-6, TNFα, and VEGF (Thermo Fisher Scientific). Supernatant samples were collected and pooled from a single device (n = 24 wells, 8 μL/well) during daily media changes and stored at −80°C until use. Samples were collected from the same device over a 5-day period, such that each sample contains cytokines secreted within 24 h of collection (i.e., Day 2 p.i. cytokine levels indicate what was secreted between Day 1 and Day 2 p.i., etc.). In order to ensure sufficient volume of supernatant for analysis with the Luminex multiplex assay (50 μL), samples were pooled across individual wells; while this volumetric limitation is linked to the specific readout we selected, alternative analyses such as mRNA analysis (Yu et al., 2019) or intracellular cytokine staining can be applied to the cells within a single well. For analysis, samples were thawed on ice and analyzed according to the manufacturer’s protocols for Luminex multiplex assays. Samples were analyzed on a Luminex 100/200 System instrument with xPONENT software (Fred Hutchinson Cancer Center Core Facility). All results were analyzed and visualized using Prism 7 software (GraphPad Software, San Diego, CA, United States).
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Hepatic development requires multiple sequential physicochemical environmental changes in an embryo, and human pluripotent stem cells (hPSCs) allow for the elucidation of this embryonic developmental process. However, the current in vitro methods for hPSC-hepatic differentiation, which employ various biochemical substances, produce hPSC-derived hepatocytes with less functionality than primary hepatocytes, due to a lack of physical stimuli, such as heart beating. Here, we developed a microfluidic platform that recapitulates the beating of a human embryonic heart to improve the functionality of hepatoblasts derived from hepatic endoderm (HE) in vitro. This microfluidic platform facilitates the application of multiple mechanical stretching forces, to mimic heart beating, to cultured hepatic endoderm cells to identify the optimal stimuli. Results show that stimulated HE-derived hepatoblasts increased cytochrome P450 3A (CYP3A) metabolic activity, as well as the expression of hepatoblast functional markers (albumin, cytokeratin 19 and CYP3A7), compared to unstimulated hepatoblasts. This approach of hepatic differentiation from hPSCs with the application of mechanical stimuli will facilitate improved methods for studying human embryonic liver development, as well as accurate pharmacological testing with functional liver cells.
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INTRODUCTION

Hepatocytes are major components of the liver and have essential physiological roles, including protein and glucose synthesis and storage, detoxification, and excretion of exogenous molecules. Meanwhile, disruption of hepatic function can causes fibrosis, cirrhosis and even fatal liver cancers (Marengo et al., 2016; Altamirano-Barrera et al., 2017). Liver transplantation is currently the only effective curative method for these patients. Thus, new effective drug therapies are needed; however, drug discovery requires the use of primary hepatocytes to evaluate the toxicity of drug candidates prior to clinical trials (Bale et al., 2014). Meanwhile, identification of suitable healthy donors for liver transplantation, or hepatocytes for drug testing, remains challenging, warranting the development of alternative strategies for drug design and development.

One such strategy includes the use of human pluripotent stem cells (hPSCs), such as human embryonic and induced pluripotent stem cells [hESCs (Thomson et al., 1998) and hiPSCs (Takahashi et al., 2007; Yu et al., 2007), respectively], which show high potential due to their capacity for unlimited self-renewal and differentiation to almost any tissue cell type. Although many studies have been performed to obtain hPSC-derived hepatocytes, the resulting cells remain as immature hepatocytes with fewer functional properties. The cause of this limited development stems from the use of various biochemical factors, such as fibroblast growth factor (FGF), and bone morphogenesis protein (BMP) in the current differentiation protocols. These biochemical factors have been intensively investigated, however, the effects of biomechanical forces on the hepatic developmental process remain unknown. As mechanical forces regulate a variety of biological factors, including molecules, cells, tissues, and organs (Sakamoto et al., 2010; Ren et al., 2015), their effects must be considered to provide optimal hepatic differentiation methods from hPSCs.

Physiologically, hepatic endoderm (HE) is formed during the early developmental stages from definitive endoderm (DE), and HE-derived hepatoblasts give rise to hepatocytes or cholangiocytes (Gordillo et al., 2015). Notably, the HE is exposed to oscillating mechanical forces induced by the heart beating. We have hypothesized that such oscillating mechanical forces would influence the hepatic developmental process. However, although biochemical factors have been reported in static culture conditions (Si-Tayeb et al., 2010b; Camp et al., 2017), the effects of mechanical forces on the induction of HE differentiation into hepatoblasts have not yet been investigated due to limited access to human embryos, and the lack of proper in vitro models that recapitulate the physiological embryonic developmental process. Therefore, current protocols are incapable of evaluating the effects of mechanical forces induced by embryonic heart beating, and thus, result in immature differentiation of hepatocytes. Hence, more sophisticated platforms are required to address these shortcomings.

Microfluidic technology is a potential platform capable of applying mechanical forces to cells, as it allows for systematic manipulation of the cell-culture conditions (e.g., flow dynamics, cell-cell/matrix interactions, and mechanical stretching) in two- and three-dimensional models, which cannot be achieved using conventional cell-culture models. Recently, organs-on-a-chip platforms based on microfluidic technology have been reported to recapitulate physiological mechanical forces in vitro using natural tissues (Ho et al., 2006; Bhatia and Ingber, 2014; Kamei et al., 2017; Ronaldson-Bouchard and Vunjak-Novakovic, 2018). However, most organ-on-a-chip platforms can stimulate cells using only a single mechanical condition (Huh et al., 2010; Pavesi et al., 2015), and thus the optimal mechanical strength for obtaining targeted functional cells cannot be determined.

Here, we report a microfluidic platform for applying multiple mechanical forces to hPSC-derived HE cells to identify the optimal mechanical stress to facilitate differentiation of HE cells to functional hepatoblasts. The microfluidic device is composed of polydimethylsiloxane (PDMS) elastic material with a ballooned thin membrane as the cell-culture substrate, which can be actuated to mimic heart beating in an embryo. The balloons with cells inflate and deflate repeatedly via pressure regulation. We showed that hPSC-derived hepatoblasts differentiated under the optimal stretching condition and expressed enzymes of drug metabolism and proteins specific to hepatoblasts. These findings demonstrate that dynamic mechanical forces are critical for differentiation of HE to hepatoblasts and must, therefore be incorporated into differentiation models for hPSCs.



MATERIALS AND METHODS


Chip Design

The formula for pressure drop, and length in microfluidic channel reported by Shimizu et al. (2011) was adapted. The molds for the pressure chambers and culture chambers were designed with a specific channel height (200 μm), and width (100 μm), and specific branch channel length (1 mm) by computer-aided design. The culture chambers were replaced considering the pressure drops.



Computational Fluid Dynamics (CFD) Simulations

The air flow across the micro channel was simulated by COMSOL Multiphysics (Version 5.5, COMSOL Inc., Burlington, MA, United States) to calculate the pressure drop along the channel and chambers. The simulation was based on the coupling of the Navier-Stokes equation and the continuity equation in the stationary condition (Turgay and Yazıcıoğlu, 2018; Chen et al., 2019). The incompressible laminar flow was used to obtain the solutions. Due to the symmetrical structure, the geometric model of the right-half-side microfluidic channel and chambers were used to conduct the study. A physics-controlled extra fine mesh was used for dividing the domain grids. The flow media was set as the air material from the COMSOL material library. The boundary condition of the wall was set to no slip. The inlet pressure was set as the input pressure (i.e., 18, 32, and 45 kPa) with fully developed flow. The outlet port was assumed to be directly connected to the atmosphere condition and was set as the 0 pressure.



Microfluidic Device Fabrication

A microfluidic device was fabricated using stereolithography 3D-printing techniques and solution cast-molding processes (Kamei et al., 2015). The molds for the top and bottom layer were produced using a 3D printer (Keyence Corporation, Osaka, Japan). After fabrication, the molds were washed with 99.9% EtOH for 12 h. The molds were dried at 80°C for 30 min. Sylgard 184 PDMS two-part elastomer (10:1 ratio of pre-polymer to curing agent; Dow Corning Corporation, Midland, MI, United States) was mixed, poured into a 3D-printed mold to produce a 5-mm-thick PDMS top layer and a 2-mm-thick PDMS bottom layer, and de-gassed using a vacuum desiccator for 30 min. The PDMS material was then cured in an oven at 80°C for 16 h. After curing, the PDMS form was removed from the mold, trimmed, and cleaned. Sylgard 184 PDMS two-part elastomer (10:1 ratio of pre-polymer to curing agent) was poured onto the silicon wafer, and spin-coated at 500 rpm for 30 s. After baking at 80°C for 10 min, the pressure chamber layer and the PDMS thin membrane on silicon wafer were treated with corona plasma (Kasuga Denki, Inc., Kawasaki, Japan), and subsequently placed at 80°C for 1.5 h for bonding. The bonded PDMS structure was peeled off the silicon wafer. The top layer-thin membrane forms, bottom layer, and glass were corona-plasma-treated and bonded together by placing in an oven at 80°C for 18 h. The devices were used within one day of completion.



Device Control

The PDMS membranes was actuated by air flow from a compressed air resource (regulated at 0–200 kPa), operated with LabVIEW (Version 11.0, National Instrument, Austin, TX, United States) software via solenoid valves (Microfluidic System Works Inc., and THE LEE Company) using a controller board (VC3 8 controller [ALA Scientific Instruments] and NI USB-6501 [National Instruments]).



Measurement of Pressure to Inlet and PDMS Displacement

The pressure was measured close to the inlet with a pressure sensor (ZS-46-5F; SMC, Tokyo, Japan). Vertical displacement of the PDMS thin membrane was measured with a CCD laser displacement sensor (LK-G5000; Keyence).



hPSC Culture

hESCs were used according to the guidelines of the ethics committee of Kyoto University. H9 hESCs (WA09; RRID: CVCL_9773) were purchased from WiCell Research Institute (Madison, WI, United States). Prior to culture, hESC-certified Matrigel (Corning, Inc., Corning, NY, United States) was diluted with Dulbecco’s modified Eagle medium (DMEM)/F12 (Merck KGaA, Darmstadt, Germany) at a 1:75 (v/v) ratio and coated onto a culture dish. Matrigel was incubated in a dish for 24 h at 4°C. Excess Matrigel was removed, and the coated dish was washed with fresh DMEM/F12.

mTeSR-1-defined medium (Stem Cell Technologies, Vancouver, Canada) supplemented with 1% (v/v) penicillin/streptomycin (Fujifilm Wako, Osaka, Japan) was used for daily culturing of hPSCs. For passaging, the cells were dissociated with TrypLE Express (Thermo Fisher Scientific, Waltham, MA, United States) for 3 min at 37°C and harvested. The cells were centrifuged at 200 × g for 3 min, resuspended in mTeSR-1 medium and counted using Via 1-CasseteTM (ChemoMetec A/S, Gydevang, 43, Denmark) of a NucleoCounter NC-200 (Chemetec, Baton Rouge, LA, United States). mTeSR-1 medium containing 10 μM of the ROCK inhibitor Y-27632 (Fujifilm Wako) was used to prevent apoptosis of dissociated hPSCs on day 1. mTeSR-1 medium without ROCK inhibitor was used on subsequent days, with daily medium changes.



Hepatic Differentiation From hPSCs on Device

Prior to inducing differentiation, the culture chambers of the device were coated with Matrigel at 35°C for 60 min. Matrigel was removed with an aspirator.

To induce endoderm differentiation, cultured hPSCs were washed with D-phosphate-buffered saline (PBS) (no calcium, no magnesium) (Thermo Fisher Scientific) and treated with TrypLE Express at 37°C for 3 min, followed by addition of basal medium, and transfer of the cell suspension into a 15-mL tube. Cells were centrifuged at 200 × g for 3 min, after which the supernatant was removed. The cells were resuspended to 7.00 × 105 cells mL–1 in mTeSR-1 medium supplemented with 10 μM Y27632, 100 ng mL–1 activin A (human recombinant) (Fujifilm Wako), and 1% (v/v) penicillin/streptomycin. They were then applied in 30 μL chambers–1 resuspended solution to a Matrigel-coated culture chambers and cultured in a humidified incubator at 37°C with 5% CO2 for 24 h. At the end of day 1, the medium was replaced with fresh mTeSR-1 medium supplemented with 10 μM Y27632, 100 ng mL–1 activin A and 1% (v/v) penicillin/streptomycin and cultured for an additional 24 h. On day 2, the medium was replaced with mTeSR-1 medium supplemented with 10 μM Y27632, 100 ng mL–1 activin A, 10 ng mL–1 BMP-4 (human recombinant) (R&D Systems, Minneapolis, MN, United States), 10 μM LY294002 (Cayman Chemical, Arbor, MI, United States), 3 μM CHIR99021(ReproCELL, Kanagawa, Japan), and 1% (v/v) penicillin/streptomycin. The cells were then incubated for 24 h. On day 3, the medium was replaced with mTeSR-1 medium supplemented with 10 μM Y27632, 100 ng mL–1 activin A, 10 ng mL–1 BMP-4, 10 μM LY294002, and 1% (v/v) penicillin/streptomycin, and the cells were incubated for 24 h. On day 4, the medium was replaced with Roswell Park Memorial Institute 1640 (RPMI) medium, GlutaMax Supplement (Thermo Fisher Scientific), supplemented with 2% (v/v) B-27 supplement (Thermo Fisher Scientific), 1% (v/v) MEM Non-essential Amino Acid Solution without L-glutamine, liquid, sterile-filtered Bioreagent suitable for cell-culture (NEAA) (Merck KGaA), 1% (v/v) penicillin/streptomycin, 10 μM Y27632, 100 ng mL–1 activin A, and 100 ng mL–1 bFGF (human recombinant) (Fujifilm Wako), and the cells were incubated for 24 h.

To induce HE specification, the cells were treated with RPMI medium GlutaMax Supplement, containing 2% (v/v) B-27 supplement, 1% (v/v) NEAA, 1% (v/v) penicillin/streptomycin, 10 μM Y27632 and 50 ng mL–1 activin A, with daily media changes for three days. On day 8, to induce hepatoblast specification, the cells were treated with RPMI medium GlutaMaxTM Supplement, containing 2% (v/v) B-27TM supplement, 1% (v/v) NEAA, 1% (v/v) penicillin/streptomycin, 25 mM HEPS (Fujifilm Wako), 10 μM Y27632, 20 ng mL–1 BMP-4, and 10 ng mL–1 FGF-10 (human recombinant) (R&D Systems). The cells were then treated with RPMI medium GlutaMaxTM Supplement, containing 2% (v/v) B-27TM supplement, 1% (v/v) NEAA, 1% (v/v) penicillin/streptomycin, 25 mM HEPES, 20 ng mL–1 BMP-4 and 10 ng mL–1 FGF-10, with daily media changes and 0.2 Hz mechanical stimulation for four days.



Definitive Endoderm Differentiation on Dish

Prior to inducing differentiation, a cell-culture dish was coated with 0.1% gelatin from porcine skin, type A (Merck KGaA) in PBS at 25°C room temperature for 30 min. The gelatin solution was then aspirated and DMEM/F12 medium supplemented with 10% (v/v) fetal bovine serum (JRH Biosciences, St, Lenexa, KS, United States), 1% (v/v) L-glutamine, 1% (v/v) penicillin/streptomycin, and 100 μM b-mercaptoethanol (Fujifilm Wako) was introduced onto the culture dish for serum coating at 37°C for 24 h. The coated dish was then rinsed with fresh medium.

To induce endoderm differentiation, cultured hPSCs were washed with PBS and treated with TrypLE Express at 37°C for 3 min, followed by addition of basal medium and transfer of the cell suspension into a 15-mL tube. The cells were centrifuged at 200 × g for 3 min, after which the supernatant was removed. The cells were resuspended in mTeSR-1 medium supplemented with 1% (v/v) penicillin/streptomycin, 10 μM Y27632 and 100 ng mL–1 activin A, plated on a serum-coated culture dish, and cultured in a humidified incubator at 37°C with 5% CO2 for 24 h. After 24 h incubation on day 4, the cells were treated with RPMI medium, GlutaMaxTM Supplement, containing 2% (v/v) B-27TM supplement, 1% (v/v) NEAA, 1% (v/v) penicillin/streptomycin, and 50 ng mL–1 activin A, with daily media changes for three days. The cells were then treated with RPMI medium, GlutaMaxTM Supplement, containing 2% (v/v) B-27TM supplement, 1% (v/v) NEAA, 1% (v/v) penicillin/streptomycin, 20 ng mL–1 BMP-4 and 10 ng mL–1 FGF-10, with daily media changes for two days. On day 6, the cells were harvested for flow cytometry.



Flow Cytometry

The cells were harvested with TrypLE Express and rinsed with PBS twice prior to cell counting. For antibody staining, the cells were diluted to a final concentration of 1 × 107 cells mL–1 in staining buffer (fetal bovine serum) (BD PharMingen, Franklin Lakes, NJ, United States). 2 μL of fluorescence-labeled antibodies (APC mouse anti-human CD184 (CXCR4), clone 12G5; BD PharMingen) were added into 50 μL of cell suspension, and incubated at room temperature for 1 h. As a negative control, specific isotype controls (APC mouse IgG2a k isotype control, clone G155-178; BD PharMingen) were used with the same concentration of the primary antibody. After removing excess antibodies by centrifugation at 300 × g for 5 min, the cells were washed with staining buffer, and cell suspensions were applied to a FACS Canto II (BD Biosciences, Franklin Lakes, NJ, United States) for flow cytometric analysis. Data analysis was performed using FlowJo software (v9; FlowJo, LLC, Ashland, OR, United States).



Cytochrome P450-GloTM Assay With Luciferin

To perform cytochrome P450-GloTM assays with luciferin (Promega, Madison, WI, United States), 20 μL medium was removed. Proluciferin IPA was diluted in RPMI medium, GlutaMax Supplement, containing 2% (v/v) B-27 supplement, 1% (v/v) NEAA, and 1% (v/v) penicillin/streptomycin. (1.5:1000). The air flow, mechanical stimulation was stopped, and 20 μL medium containing proluciferin IPA was applied to the culture chambers. The cells were incubated at 37°C with 5% CO2 for 1 h. Next, 25 μL × 2 medium containing luciferin IPA was collected from two culture chambers with the same mechanical stimulation and applied to the 96-well plates (White Microwell SI; Thermo Fisher Scientific); 50 μL P450-Glo Reagent was subsequently added, incubated at 28°C for 20 min, and relative light units were measured with a Synergy HTX Microplate Reader (Biotek, Winooski, VT, United States) at 28°C.



Collection of all Proteins in Cells

The cells were rinsed with D-PBS (-) (Fujifilm Wako) three times, harvested with TrypLE Express, and collected into 1.5-mL tubes. Next, 0.5 mL RPMI medium, GlutaMax Supplement, containing 2% (v/v) B-27 supplement, 1% (v/v) NEAA, and 1% (v/v) penicillin/streptomycin was added. The tubes were centrifuged at 3000 × g for 3 min, and the supernatant was removed. The cells were rinsed with cold D-PBS, followed by addition of 100 μL cold 1 × RIPA buffer (Cell Signaling Technology, Danvers, MA, United States) in double distilled water was added. The tubes were then vortexed, incubated on ice for 30 min, sonicated at 4°C (US-1R cleaner; AS ONE, Osaka, Japan), and centrifuged at 4°C, 10,000 × g for 20 min. The supernatant was collected into new 1.5-mL tubes and stored at −20°C.



Protein Quantification

Using a BCA protein kit (TaKaRa, Shiga, Japan), a working solution (BCA reagent A: B = 100:1) and 0.2 mg μL−1 BCA standard were mixed with the collected proteins in 100 μL 1 × RIPA buffer in a 96-well plate (Matrix Microplate w/lids 96-well blk/clr, flat bottom, tissue culture, PS; Thermo Fisher Scientific). Proteins were incubated at 37°C for 60 min and measured at a wavelength of 562 nm with a Synergy HTX Microplate Reader.



Immunocytochemistry

The cells were fixed with 4% paraformaldehyde in D-PBS (-) (Fujifilm Wako) for 20 min at 25°C and then permeabilized with 0.1% (v/v) Triton X-100 in D-PBS for 5 min at 25°C. Subsequently, the cells were blocked in D-PBS (5% (v/v) normal goat serum blocking solution (Maravai Life Sciences, San Diego, CA, United States), 5% (v/v) normal donkey serum (Jackson ImmunoResearch, West Grove, PA, United States), 3% (v/v) albumin, essentially globulin-free (Merck KGaA), and 0.1% Tween-20 (Nacalai Tesque, Kyoto, Japan) at 4°C for 16 h and then incubated at 4°C for 16 h with primary antibodies [anti-human albumin mouse IgG, 1:500; R&D Systems: anti-human cytokeratin 19 (CK19) mouse IgG, 1:500; Thermo Fisher Scientific: anti-human cytochrome P450 3A7 (CYP3A7) rabbit IgG, 1:500; Proteintech, Chicago, IL, United States] in blocking buffer. The cells were then incubated at 37°C for 60 min with a secondary antibody (AlexaFluor 488 Donkey anti-mouse IgG (H + L), 1:1000; Jackson ImmunoResearch: AlexaFluor 594 Donkey anti-rabbit IgG (H + L), 1:1000) in 0.1% Tween-20 prior to a final incubation with 4’,6-diamidino-2-phenylindole (DAPI) (Fujifilm Wako) at 25°C for 30 min.



Image Acquisition

The sample containing cells was placed on the stage of a Nikon ECLIPSE Ti inverted fluorescence microscope equipped with a CFI plan fluor 10 × /0.30 N.A. objective lens (Nikon, Tokyo, Japan), CCD camera (ORCA-R2; Hamamatsu Photonics, Hamamatsu City, Japan), mercury lamp (Intensilight; Nikon), XYZ automated stage (Ti-S-ER motorized stage with encoders; Nikon), and filter cubes for fluorescence channels (DAPI, GFP HYQ, TRITC; Nikon). For image acquisition, the exposure times were set to 200 ms for DAPI, 200 ms for GFP HYQ (for ALB), 50 ms for GFP HYQ (for CK19), and 200 ms for TRITC (for CYP3A7).



Image Analysis

Image analysis of immunochemistry was performed with CellProfiler (ver. 3.1.9). The images of each stained protein and DAPI were inputted. In IdentifyPrimaryObejects, DAPI images were selected, and nuclei were identified. Typical diameter of objects, in pixel units was set (Min, Max) = (50, 150). Objects outside the diameter range and touching the border of image were discarded. Parameters were set as follows: Threshold smoothing scale, 6; Threshold correction factor, 0.95; Lower and upper bounds on threshold, 0.0 and 1,0; Size of adaptive window, 50; Method to distinguish clumped objects, shape; Method to draw dividing lines between clumped objects, shape. Size of smoothing filter for declumping, and minimum allowed distance between local maxima were automatically calculated. Handling was sped up by using lower-resolution images to identify local maxima. Holes in identified objects were filled only after declumping. Handling of objects was continued if an excessive number of objects was identified. In IdentifySecondaryObjects, stained protein images were selected, and nuclei, as the input objects, was selected. The parameters were set as follows: Method to identify the secondary objects, Propagation; Threshold strategy, Global; Thresholding method, Minimum cross entropy; Threshold smoothing scale, 0.0; Threshold correction factor, 1.0; Lower and upper bounds on threshold, 0.0 and 1.0; Regularization, 0.05. Holes were filled in identified objects. Objects touching the border of images were not discarded. In IdentifyTertiaryObjects, as the larger identified objects, secondary identified objects were selected, and as the smaller identified objects, primary identified objects were selected. Prior to subtraction, smaller objects were not shrunken. In MeasureObjectIntensity, the intensity of tertiary identified objects, cytoplasm, was measured.



Statistical Analysis

Each sample was labeled alphabetically. The Tukey-Kramer test was carried out with R software (ver. 4.0.2).




RESULTS


Fabrication of a Microfluidic Device Mimicking the Beating of an Embryonic Heart

To mimic embryonic heart beating in vitro (Figure 1A), a microfluidic device with a series of stretchable balloon membranes was fabricated (Figures 1B–F and Supplementary Figure S1). This microfluidic device consisted of three layers: a top layer for cell-culture wells, middle layer of thin membrane as the stretchable cell-culture substrate, and bottom layer for forming pressure chambers. The top layer was 5 mm thick, and each well in the top layer was 3 mm in diameter. The middle PDMS membrane was 0.14 mm thick. The bottom layer was 2 mm thick with a 0.25-mm channel and chamber height, and 0.2-mm channel width (Supplementary Figure S2). The molds for the top and bottom layers were fabricated with a high-resolution 3D printer (Kamei et al., 2015).


[image: image]

FIGURE 1. (A) Illustration of an early human embryo. Heart (H: red) beating confers mechanical stimulation to the surrounding cells, and hepatic endoderm (HE: blue), which differentiates to hepatoblasts, is exposed to mechanical forces. (B,C) Appearance (B) and cross-section (C) of a microfluidic device for applying a series of stretching stimulations to hepatic endoderm-like cells (HECs). (D) Cross-sectional view of the device, composed of polydimethylsiloxane (PDMS) and consists of a top layer with cell-culture chambers, middle membrane layer, and bottom layer with pressure chambers on a glass slide. (E) Photograph of our device fabricated on a glass slide (25 × 75 mm). Culture chambers are filled with red ink. This device has two sets of culture chambers in which cells are cultured under the same intensity of mechanical stimulation. (F) Photograph of a microfluidic device. Microfluidic channels and pressure chambers filled with green ink.


The thin ballooned PDMS membrane was actuated with the regulator connected to an air compressor. To test a series of stretching forces within a single device, we used a pressure-drop method (Shimizu et al., 2011) in which air pressure was decreased in an inverse proportion to the length of fluidic flow (Figure 2A). Hence, the pressure drop (ΔP) for incompressible fluid flow was determined from the Fanning friction factor (f) using the Fanning formula:


[image: image]

FIGURE 2. Pressure-drop method to generate a series of PDMS membrane displacements in a single device. (A) Membrane displacements are inversely proportional to the distance from the inlet due to a pressure drop along with a microfluidic channel. (B,C) The computer simulation for pressure drop was conducted using input pressure (18, 32, and 45 kPa) and output pressure (atmosphere). (D) Displacement measurement of the device with CCD laser displacement camera when 18, 32, and 45 kPa were applied at the inlet. The red plots indicated the conditions used for stretching stimulation. ANOVA with Tukey-Kramer test compared with all displacements of the pressure chambers at 18, 32, and 45 kPa. p-values were summarized in Supplementary Tables S1, S2. Each plot represents the mean ± standard deviation determined from four independent experiments measuring the two chambers in a single device.
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Where L is the channel length, ρ is the fluid density, and v is the average velocity in a channel. Hydraulic diameter, D (m) was calculated as:
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where w and h represent the channel width and height, respectively.

The amount of air pressure applied to each chamber decreased with increasing channel length. The device was designed to have two sets of 15 culture chambers along a micro channel and negative control chambers in a single device. For the CFD simulation of pressure drop in the device, incompressible flow and laminar flow in microscale channel was considered, and three input pressures (i.e., 18, 32, and 45 kPa), as well as the output pressure (atmosphere) were set. The analytical simulation results showed linear damping characteristic curves of pressures similar to theoretical equation (1) (Figures 2B,C). To demonstrate the pressure-drop method over a series of membrane stretching events with the actual device, we applied three input pressures (i.e., 18, 32, and 45 kPa) to the inlet and measured the vertical displacement from the base of the membrane. As expected, membrane displacement corresponded to pressure decreases for the tested input pressures. When more than 45 kPa pressure was applied to the inlet, the device was unstable due to air leakage. Based on these results, we selected seven significant different displacements and labeled them as the input pressure (kPa), and the distance from the inlet (mm), such as (45, 10.4) (Figure 2D, Supplementary Tables S1, S2).



Differentiation of hPSCs to Hepatoblasts

Next, hPSCs were differentiated to hepatoblasts in a device (Figure 3A; Hannan et al., 2013; Kamei et al., 2019). In our previously reported protocol using a dish, gelatin coating was sufficient for hPSC culture and differentiation, however, was insufficient for PDMS membrane, causing detachment of cells (Supplementary Figure S3). Therefore, prior to culturing in a device, the cell-culture chambers were coated with Matrigel, which improved hPSC adhesion and differentiation. The differentiation from hPSCs to hepatoblasts occurred via three stages. Briefly, in the first stage, hPSCs were directed into DE by treatment with 100 ng mL–1 activin A, 10 μM ROCK inhibitor, 3 μM CHIR99021, 10 μM LY294002, 10 ng mL–1 BMP4, and 100 ng mL–1 basic FGF (bFGF). To confirm DE differentiation, expression of C-X-C-motif chemokine receptor 4 (CXCR4), a DE cell-surface marker, as well as SRY-box 17 (SOX17), a DE transcription factor (D’Amour et al., 2005; Yasunaga et al., 2005), were evaluated by flow cytometry (Figure 3B) and immunocytochemistry (Supplementary Figure S4) at day 6. More than 99% of the cells were stained for CXCR4, and also showed expression of SOX17, indicating efficient DE differentiation from hPSCs. In the second stage, DE cells were treated with a lower concentration of activin A (50 ng μL–1) to obtain hepatic endoderm-like cells (HECs). In the third stage, HECs were differentiated to hepatoblasts by treatment with 20 ng mL–1 BMP4 and 10 ng mL–1 FGF10. Frequency of stretching stimulation, set at 0.2 Hz (Supplementary Video S1), was applied during the third stage for four days. Cells were observed on the PDMS thin membrane by day 12 (Supplementary Figure S5 and Supplementary Video S2).
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FIGURE 3. Hepatoblast differentiation from human pluripotent stem cells (hPSCs) promoted by mechanical forces on hepatic endoderm-like cells (HECs). (A) Schematic diagram showing hepatic differentiation from hPSCs. ROCK inhibitor (Y27632), WNT inhibitor (CHIR, CHIR99021), PI3K inhibitor (LY, LY294002), bFGF, BMP4, and FGF10 were used for corresponding differentiation stages. (B) Flow cytometric analyses showing the proportion of CXCR4 expression in hPSCs, HECs in a dish and HECs in a microfluidic device. (C) Bioluminescent CYP3A activity assay for HECs and hepatoblasts. ANOVA with Tukey-Kramer test compared relative light units (RLU) divided by amount of proteins in cell lysates of all samples (Supplementary Figure S6 and Supplementary Table S3). *P < 0.05, ***P < 0.001 (n = 3). Max, median, minimum of three independent experiments were shown. (D,E) Immunocytochemical analyses showing the expression of ALB, CYP3A7, (D) and CK19 (E) in HECs and hepatoblasts in the indicated conditions. Nuclei were stained with DAPI. Scale bars represent 50 μm. (F) The negative controls of immunochemistry stained with only 2nd antibody labeled with Alexa 488 and Alexa 594 fluorescent dyes shown in (F). Scale bars represent 100 μm. (G–I) Quantitative single cell profiling of ALB (G), CYP3A7 (H), and CK19 (I) in HECs and hepatoblasts in the device. Fluorescence intensity was obtained from several images per each sample. ANOVA with Tukey-Kramer test compared with mean intensity. ***P < 0.001.




Mechanical Forces Enhance Differentiation of hPSCs to Functional Hepatoblasts

To investigate the effect of mechanical forces on the differentiation of HECs to hepatoblasts, the activity of cytochrome P450 3A (CYP3A), which is specifically expressed in hepatic cells (Si-Tayeb et al., 2010b; Danoy et al., 2020), was measured in a bioluminescent CYP3A activity assay at day 12 (Figure 3C, Supplementary Figure S6 and Supplementary Table S3). Compared with HECs induced on the device, unstimulated hepatoblasts showed significantly higher activity, as expected. When 32-kPa input pressure was applied to the larger displacements at (32, 21.5) and (32, 10.4), stimulated hepatoblasts showed higher CYP3A activity, whereas activity at (32, 42.7) and (32, 34.6) was not significantly different from that observed for unstimulated haptoblasts. Moreover, at a higher input pressure of 45 kPa, the larger displacements at (45, 21.5) and (45, 10.4) caused significantly higher CYP3A activity in hepatoblasts compared to unstimulated cells, and hepatoblasts at (45, 10.4), which had at least two-fold higher CYP3A activities compared to unstimulated cells. These results suggest that mechanical stimulation, induced by stretching cell-culture substrates, increased hepatoblastic metabolic activities.

To further investigate the effects of stretching stimulation on HEC-hepatoblast differentiation, the expression of albumin (ALB), CYP3A7, and cytokeratin 19 (CK19) proteins, which are specifically expressed in hepatoblasts (Schmelzer et al., 2006; Yang et al., 2017), were observed by immunocytochemistry (Figure 3D for ALB and CYP3A7, Figure 3E for CK19, Figure 3F for negative controls stained with only 2nd antibodies and Supplementary Figure S7 for positive control with HepG2 cells). The fluorescence intensity of the single cell was calculated (Figure 3G for ALB, Figure 3H for CYP3A7, Figure 3I for CK19). Hepatoblasts at (45, 10.4) showed higher expression of ALB, CYP3A7, and CK19 proteins than unstimulated hepatoblasts, which agreed with the results observed for CYP3A activities. Notably, HECs did not express any of the examined proteins, and no secreted albumin was detected in the conditioned media (Supplementary Figure S8). Generally, these proteins have only been shown to be expressed by hepatoblasts in vivo, not in vitro (Si-Tayeb et al., 2010b; Danoy et al., 2020). Hence, these results suggest that application of stretching stimulation induces more functionally relevant hPSC-derived hepatoblasts compared to those generated via conventional cell-culture methods.




DISCUSSION

Herein, we recapitulated human embryonic development from hESC-derived HE to hepatoblasts with mechanical stimulation to improve functionality of hepatocytes. Until now, most hepatic differentiation methods for hPSCs are based on treatments with biochemical substances, such as growth factors, cytokines, supplemental chemicals, and extracellular matrices. Although these methods allow for the generation of hPSC-derived hepatocyte-like cells, they do not facilitate the development of fully functional hepatocytes. Hence, methodological developments require a new approach for the differentiation of hPSCs. To this end, we hypothesized that mechanical stimulation, such as the stretching force generated by a heart beating, would influence hepatoblast functionality during hepatic differentiation.

Results from our newly developed model showed that ALB expression of stimulated hepatoblasts at (45, 10.4) was higher than that of unstimulated hepatoblasts. Hence, GATA4, which is reportedly an enhancer of ALB, may be susceptible to mechanical stimulation thorough RhoA (Charron et al., 2001; Si-Tayeb et al., 2010a). Moreover, the expression of CYP3A7 and CK19 was also higher in hepatoblasts at (45, 10.4) compared to unstimulated hepatoblasts. According to Genecards (Zhang et al., 2018), which provides information on genes and their expression mechanisms, the enhancer of CYP3A7 and CK19 is peroxisome proliferator-activated receptor-γ (PPARg), which serves as a co-activator with the transcription factors yes-associated protein (YAP), and transcriptional co-activator with PDZ-binding motif (TAZ), in the Hippo pathway (Piccolo et al., 2014). Recently, it was reported that mechanical stimuli via cell-substrate interactions induces the translocation of YAP/TAZ, and alters the phenotype of epithelial (Acharya et al., 2018), endothelial (Sakamoto et al., 2010; Nakajima et al., 2017), and mesenchymal stem cells (Hong et al., 2005; Dupont et al., 2011; Guo et al., 2018). This process may, therefore, be involved in HEC-hepatoblast differentiation. However, the precise underlying mechanisms associated with this pathway require further investigation to provide specific improvements to the mechanical stimulation of HEC-hepatoblast differentiation in the future.

The use of hPSC-derived hepatocytes has been proposed as an alternative to human primary hepatocytes for drug screening (Bale et al., 2014; Zakikhan et al., 2017); however, no previous studies have described methodology capable of generating cells with the proper functionality, due to insufficient differentiation. Our methodology designed to obtain functional hepatoblasts will allow the generation of more functional hepatocytes that will be directly applicable to Liver-on-a-Chip technologies, for applications in drug screening and toxicological testing (Kamei et al., 2017; Ronaldson-Bouchard and Vunjak-Novakovic, 2018). Furthermore, functional hepatocytes can be used for various in vitro disease modeling, including infection (Nie et al., 2018) and non-alcoholic fatty liver disease (Nantasanti et al., 2015; Lauschke et al., 2019). In addition to the in vitro applications, since the hepatocytes generated from our device can be harvested, they may also prove applicable for cell transplantation and regenerative medicine (Prior et al., 2019). Therefore, our novel method for the generation of functional hepatoblasts from hPSCs may prove to be a novel platform for both in vitro and in vivo applications of hPSC-derived hepatocytes.

Certain limitations were noted in this study. For instance, the frequency of stretching stimulation applied in our system was 0.2 Hz, equivalent to 12 beats per minute, which is much slower than that of normal fetal heart rates (110 to 150 beats per minutes) (Pildner von Steinburg et al., 2013). This is largely due to the current experimental setting to actuate the PDMS membrane using the solenoid valve, which is not capable of achieving normal fetal heart rate frequencies. Hence, to truly mimic fetal liver developmental conditions, more rapid stretching stimulation of cells must be applied.



CONCLUSION

In summary, we developed a microfluidic device by applying multiple stretching forces during HEC-hepatoblast differentiation from hPSCs. Using this device, we found that mechanical stimulation improved the functionalities of hepatoblasts. Our device and approach provide not only insights into the hepatic developmental process, but also tools for applications in both drug discovery and regenerative medicine.
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We describe here the design and implementation of an in vitro microvascular open model system using human brain microvascular endothelial cells. The design has several advantages over other traditional closed microfluidic platforms: (1) it enables controlled unidirectional flow of media at physiological rates to support vascular function, (2) it allows for very small volumes which makes the device ideal for studies involving biotherapeutics, (3) it is amenable for multiple high resolution imaging modalities such as transmission electron microscopy (TEM), 3D live fluorescence imaging using traditional spinning disk confocal microscopy, and advanced lattice light sheet microscopy (LLSM). Importantly, we miniaturized the design, so it can fit within the physical constraints of LLSM, with the objective to study physiology in live cells at subcellular level. We validated barrier function of our brain microvessel-on-a-chip by measuring permeability of fluorescent dextran and a human monoclonal antibody. One potential application is to investigate mechanisms of transcytosis across the brain microvessel-like barrier of fluorescently-tagged biologics, viruses or nanoparticles.
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INTRODUCTION

The blood–brain barrier (BBB) is a unique and highly selective vascular interface that separates the peripheral blood circulation from the neural tissue in order to maintain a homeostatic microenvironment within the central nervous system (CNS) that allows the neuronal network to function properly (Abbott et al., 2010; Park et al., 2019).

The BBB is a complex vascular structure with specialized endothelial cells as its core element, surrounded by extracellular matrix (ECM) and supporting cells, such as astrocytes and pericytes (Greene and Campbell, 2016). Brain microvascular endothelial cells (BMVECs) that line the capillaries of the BBB are of crucial physiological importance since they tightly control the molecular and cellular flux between the blood and the brain, thereby regulating regional changes in nutrients and oxygen levels (Daneman, 2012), maintaining brain energy levels (Bordone et al., 2019) and mediating the local immune response in the CNS (Abbott et al., 2010). BMVECs differ from those found in peripheral vasculature as they have no fenestration and exhibit restricted paracellular passage for water and hydrophilic solutes due to the presence of a unique array of tight junctions and adherens junctions between adjacent endothelial cells (Greene and Campbell, 2016). Moreover, BMVECs have specialized transcellular transport mechanisms ensuring only wanted substances being actively delivered to the brain, and have shown to express a number of broad-spectrum efflux pumps on their luminal surface which severely limit the uptake of lipophilic molecules, including small molecule drugs, from the blood through the endothelium into the CNS. These characteristic anatomical and functional features of the BBB determine its crucial protective role for the CNS (Mahringer et al., 2011; Shawahna et al., 2011).

However, these highly selective barrier properties also extremely limit the therapeutic efficacy of drugs and hinder the treatment of neurological diseases such as Alzheimer’s disease, multiple sclerosis, Parkinson’s disease, HIV infection and brain tumors (Pardridge, 2006). Beyond therapeutics’ insufficient brain exposure, the BBB also plays a major role in the underlying pathophysiology of many of these CNS disorders which are usually associated with vascular hyperpermeability, transporter deficiencies, or an increase in leukocyte adhesion molecules, resulting in an abnormal, uncontrolled movement of cells and neurotoxins across the BBB blood vessel walls (Pardridge, 2006).

For studies of barrier function and dysfunction, in vivo models are of highest physiological relevance since the BBB is embedded in its natural microenvironment. These models are, however, limited in their throughput. Furthermore, animal models may not predict BBB penetrance and efficacy of drugs in humans due to interspecies differences in the molecular composition of the BBB microvessels (Uchida et al., 2011; Song et al., 2020). Deciphering the underlying molecular mechanisms and performing translatable real-time quantitative assessments of drug transport across brain microvessels, such as screenings for BBB-penetrant therapeutic antibodies, are therefore greatly limited in an in vivo setting. In contrast, in vitro brain microvessels and BBB models offer faster, yet simplified approaches for targeted drug screening as well as for fundamental research, and importantly can be humanized to overcome translatability issues.

Human BBB organoids provide a model that enables maintaining endothelial cells in close juxtaposition. A limitation of this system, however, is that they essentially lack flow since microvessel-like structures cannot be formed in organoids, rather endothelium-lined spheres are generated which can negatively impact cellular viability (Urich et al., 2013). Traditional two-dimensional (2D) in vitro models such as the Transwell system, in which endothelial cells are cultured on semi-permeable membranes, have extensively been used for cell-based high-throughput screening assays and for studying basic BBB characteristics such as barrier permeability and transepithelial/transendothelial electrical resistance (TEER) (Abbott et al., 1992; Biegel and Pachter, 1994; He et al., 2014). These simplified systems lack simulation of blood flow conditions and have proved to insufficiently recapitulate in vivo phenotypes including the expression of key junctional proteins (such as claudin-5) and transporters (such as Glut-1 and insulin receptor) (Campisi et al., 2018). To overcome some of these limitations, several 3D microfluidic and organ-on-a-chip BBB and brain microvessel models have been developed enabling co-culture and fluid flow (Prabhakarpandian et al., 2013; Herland et al., 2016; van Der Helm et al., 2016; Wevers et al., 2018; Oddo et al., 2019; Park et al., 2019). Nevertheless, a number of these models exhibit other limitations such as non-physiological rigid ECM substrates, failure to feature blood vessel-like geometry and the lack of controlled flow that resembles the hemodynamic forces which is known to be crucial for microvascular function (Herland et al., 2016). Hence, there is an essential need for in vitro models that better mimic the brain microvessel environment including unidirectional flow, physiological shear stress, absence of artificial membranes, and presence of the cylindrical geometry typical of capillaries to facilitate the complex cell-cell interactions and physical ECM mechanics known to be intrinsic to the in vivo BBB and brain microvessels. In order to be capable of providing molecular mechanistic insights, these models need to also be compatible with advanced imaging and live 3D tracking of labeled molecules.

Along these lines, we describe here our efforts to develop and use an in vitro human brain microvessel-on-a-chip consisting of a 3D microfluidic model with a hollow channel in which a continuous monolayer of cells can grow at the interphase between the lumen and the underlying ECM. For our studies, we chose the brain microvascular endothelial cell line TY10 which is a well-established BBB model system (Takeshita et al., 2014; Spampinato et al., 2015; Shimizu et al., 2017; Wevers et al., 2018; Shimizu et al., 2019). Moreover, our system may be amenable to any other barrier-forming cell type to mimic vascular beds of different tissues or epithelial barriers. Our system allows controlled unidirectional flow, within the lumen of the artificial microvessel, of media including substrates of interest, for instance drug candidate biologics. An important characteristic of our device is its open design that also allows direct access of reagents from the surrounding space to the underlying ECM. We demonstrate the utility of this open design of organ-on-a-chip model by showing it is amenable for quantitative 3D live fluorescence imaging using spinning disk confocal or lattice light sheet microscopy (LLSM) and for high resolution electron microscopy. This model is set out to provide insights into molecular mechanisms involved in the transcytosis of biologicals at extraordinary detail which will further support the development of antibody-shuttle technologies across the human BBB. Detailed imaging, for example, can be very useful to follow endo-lysosomal trafficking in real-time, informing on fate of antibodies and viruses when entering endothelial cells, thus informing on better designs of biologics and viral vectors that more efficiently penetrate or inhibitors for the transcytosis of pathological viruses.



MATERIALS AND METHODS


Cell Culture

Human brain derived microvascular endothelial cells (TY10 cell line) were isolated from normal brain tissue from a patient with meningioma, and immortalized with retroviral vectors harboring a SV40 large T antigen gene that is engineered to drive proliferation at 33°C (Sano et al., 2010; Maeda et al., 2013; Sano et al., 2013). The TY10 cell line has been used to model the BBB in previous studies (Takeshita et al., 2014; Karassek et al., 2015; Spampinato et al., 2015; Shimizu et al., 2017; Takeshita et al., 2017; Wevers et al., 2018). Cells were cultured at 33°C, 5% CO2 in T75 flasks BioCoat (Corning, 354485, MA, United States). TY10 cells were used between passage 17–25 and cultured in ScienCell complete endothelial cell medium (ScienCell, 1001, CA, United States). Cell detachment was performed using Accutase® (Corning, 25-058-CI, MA, United States) when cells were ∼80–90% confluent before being seeded into the microfluidic devices. Cells were routinely tested for mycoplasma contamination and found negative.



TY10 Stably Expressing eGFP

A lentiviral vector expressing a plasma membrane targeted eGFP (memGFP) containing a chimera of the N-terminal 41 amino acids of human myristoylated alanine-rich C-kinase substrate (MARCKS) fused to eGFP was made by co-transfection of a plasmid harboring memeGFP and Virapower Packaging Mix (Thermo Fisher, K497500, MA, United States) into 293T cells. Culture media was harvested 72 h later, cellular debris pelleted by low-speed centrifugation, and further clarified by 0.45 μm filtration with Millipore steriflip vacuum filters (EMD, SLHV033RS, MA, United States). The supernatant from the viral preparation was added to a flask of TY10 cells during passaging (4 ml of viral supernatant preparation mixed with 4 ml of cell suspension were added to a T25 Corning BioCoat flask) and allowed to incubate for 24 h at 33°C before switching back to the normal feeding schedule of every other day. The cells were sorted by flow cytometry for eGFP positive cells after 10 days in culture and subsequently expanded and maintained as described above.



hmAb

The recombinant monoclonal human IgG1 antibody (produced by Biogen) was expressed in CHO cells and purified through Protein-A Affinity Chromatography. The purified protein was fluorescently labeled with Alex FluorTM 568 and 647 protein-labeling kits (Thermo Fisher Scientific, 10238 and A30009, MA, United States) to produce hmAb-AF568 and hmAb-AF647 following the manufacturer’s protocol.



Microvessel-on-a-Chip


Fabrication of Silicon Wafer

Photomasks with the chip design depicted in Figure 1 were designed with AutoCAD (AutoDesk Corp., CA, United States) and printed by CAD/Art Services, Inc. (OR, United States). Molds of 80 μm depth were produced in a clean room by photolithography using standard protocols and SU-8 2050 photoresist (Microchem, now Kayaku Advanced Materials, Inc., MA, United States). The 3″ in diameter silicon wafer (University Wafer, 447, MA, United States) was cleaned by sequential solvent treatment in a Headway spin coater at 500 rpm. Each of the following solvents were squirted for 1 min onto the rotating wafer while moving a cotton swab across the surface: isopropyl alcohol, acetone, methanol, pure water. After dehydration on a hotplate at 150°C for 5 min the wafer was activated by oxygen plasma at 130 mTorr and 100 W for 5 min. A walnut sized amount of SU-8 2050 was placed on the wafer fixed in the Headway spin coater and an even film was generated by the following spin conditions: step 1: 500 rpm, 5 s, ramp 100 rpm/s; step 2: 2700 rpm, 30 s, ramp 300 rpm/s; step 3, 0 rpm, 10 s, ramp 300 rpm/s. After 30 min incubation at room temperature (RT), the soft bake was performed at 5 min 65°C and 20 min at 85°C following UV exposure in a MJB3 Mask Aligner (Süss-MicroTec, Munich, Germany) for 10 s at 25 mW/cm2. The post-exposure baking was the same as for soft baking. The mold was developed for 10 min in 20 ml MicroChem SU-8 developer, rinsed with isopropyl alcohol and blown dry prior silianization by incubating the wafer in a desiccator under reduced pressure in presence of an aluminum cup with 3 drops of (tridecafluoro-1,1,2,2-tetrahydrooctyl) trichlorosilane (Gelest, Morrisville, PA, United States). Hard bake was performed on a hotplate at 150°C for 15 min.
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FIGURE 1. Fabrication of the microvessel-on-a-chip. (A) Schematic representation of the sequential steps used to fabricate the microvessel-on-a-chip. The open design permits direct access of aerated medium from the top to the collagen containing embedded cells while at the same time allowing flow of medium along the tubular channel with endothelial cells surrounding the boundary between the lumen of the artificial microvessel and the collagen. See associated Supplementary Movie 1 for guidance on the fabrication of the microvessel-on-a-chip. (B) Arrangement of the microvessel-on-a-chip within the available optical path between the illumination and detection objectives of the lattice light sheet microscope (LLSM). A sample holder is used to place the microvessel-on-a-chip under the LLSM objectives and to facilitate fine adjustments of its position. The chip can also be placed on a glass coverslip and placed in an inverted microscope for all modalities of conventional confocal microscope (not shown). (C) Steps used to create an artificial microvessel (1–5). An acupuncture needle of 100 μm diameter is placed between the inlet and outlet (2). After the collagen gelled (3), the needle was pulled (4), resulting in a void channel (5) in which endothelial or epithelial cells of choice, here brain endothelial cells, are seeded. The cross section on the bottom shows the final disposition of the brain endothelial cells (green) that line the inner surface of the collagen lumen, representing the artificial brain microvessel. (D,D’) Images of the mask template used to create the silicon wafer then used to prepare the PDMS mold.




Production of the Microfluidic Device

Microfluidic devices were subsequently produced by soft lithography; Sylgard 184 elastomer Polydimethylsiloxane (PDMS) was mixed with curing agent (Sylgard 184 silicone elastomer kit, Dow Corning, Midlands, United States), at a 5:1 ratio in a mixer including a 2 min de-foaming step before pouring it onto the master silicon wafer designed by our lab and spin-coating at 400 rpm for 40 s. The utilized speed yielded a PDMS film of 160 μm thickness that was degassed in a vacuum desiccator for 10 min and cured in an oven at 65°C for 1 h. The PDMS film was peeled off the master and placed in a plastic petri dish at 65°C overnight to fully cure. To remove non-crosslinked oligomers within the PDMS that can leach out and contaminate the culture medium (Halldorsson et al., 2015), cut PDMS slabs containing the embossed microstructures and 5 × 5 mm end pieces were cleaned by contact with Scotch tape and subjected to organic solvent extraction (Lee et al., 2003). PDMS slabs were incubated in a sealed jar on a rocker for 24 h at RT in each of the following solvents and in this order: triethylamine, toluene, ethyl acetate, and acetone (all ACS grade and from Sigma-Aldrich, MO, United States). To evaporate the acetone, the PDMS slabs were placed on an accordion-shaped aluminum foil rack to reduce contact with any surface and incubation at 100°C for 2 h. Extracted PDMS remains hydrophilic for prolonged times after plasma-activation as it does not contain uncured oligomers (Lee et al., 2003; Kim and Herr, 2013). The PDMS extraction step significantly improves the bonding and microfluidic properties. The PDMS pieces of the chip were placed embossed featured down on a fluorinated ethylene propylene (FEP) sheet and exposed to air plasma at 700 mTorr, 30 W for 1.5 min using the PDC-001 plasma cleaner (Harrick Plasma) to bond the 5 × 5 mm end pieces before punching 1 mm holes for the tubing. PDMS pieces were rinsed with isopropyl alcohol and blow-dried prior plasma-bonding to the #1.5 glass coverslip that was cleaned by incubation in isopropyl alcohol, acetone and 0.5M KOH for 30 min each in a sonication water bath, rinsing five times in pure water and blown dry with filtered nitrogen gas.

To promote bonding, the chips were placed on a hot-plate at 150°C for 15 min. We tested several glues to fix the Tygon microbore tubing, 0.010” × 0.030” OD (Cole-Parmer, EW-06419-00, IL, United States) on the chip and SLOW-CURETM 30 min epoxy (Bob Smith Industries; BSI206, CA, United States) resulted in the sturdiest connection after overnight incubation and further allowed us to remove air bubbles in the epoxy after mixing through centrifugation for 30 s at 14,000 x g in a tabletop centrifuge. The chip was activated by air plasma treatment as above and further cleaned by injecting sequentially 0.5 ml of each acetonitrile, purified water, 0.5 M KOH and again water.

To functionalize both glass and PDMS surface with primary amine groups, the chips were silanized by pipetting 0.5 ml of a fresh 1% aqueous solution of 3-(Ethoxydimethylsilyl) propylamine (Sigma, 588857, MO, United States) on the chip and incubation for 15 min at RT before rinsing with twice with 1 ml pure water. Subsequently, the surfaces were further functionalized by adding 0.3 ml 2.5% glutaraldehyde (Electron Microscopy Services, 16200, PA, United States) and incubation for 15 min before the devices were rinsed extensively with pure water. The Schiff bases formed on proteins after glutaraldehyde immobilization are stable without further reduction, as has been demonstrated in surface-protein conjugation (Kim and Herr, 2013). To further facilitate adoption of the chip design, a detailed video with step-by-step instructions for chip fabrication has been added (see Supplementary Movie 1).



Formation of Lumen and Collagen Matrix

A Pluronic F-127 (Sigma, P2443, MO, United States) passivated 100 μm acupuncture needle was inserted from the outlet toward the inlet of the brain microvessel-on-a-chip to provide the required scaffold for the culturing matrix as indicated in Figure 1C. The selected size of the acupuncture needle should prevent the leakage of unpolymerized collagen into the microfluidic channel of a smaller diameter (80 μm). A hydrogel consisting of extracellular matrix (ECM) proteins made of a final concentration of 7.0 mg/ml Type I rat tail collagen (Corning, 354249, MA, United States) was used in all experiments. To make 200 μl of hydrogel solution, 39 μl of Endothelial Cell Medium (ECM basal media with no FBS; 1001b, ScienCell, Carlsbad, CA, United States), 1 μl of a basic solution (1.0 N NaOH, Sigma) and 14 μl of 10X Ham’s F-12 (Thermo Fisher, 31765092, MA, United States) were added to 135 μl of the collagen I.

We found that the collagen gel tended to delaminate from the PDMS culturing chamber as soon as we started the flow, and so we enhanced the standard collagen matrix protocol by adding Genipin® (Sigma, G4796, MO, United States). Genipin is a crosslinking agent that covalently attaches to primary amino groups exposed on protein surfaces (Sung et al., 1998). Furthermore, Genipin monomers form covalent intermolecular crosslinks that in the case of a collagen matrix results in bridging adjacent fibers at points of contact (Yoo et al., 2011; Chan et al., 2014). Thus, to achieve a stiff and resilient collagen matrix we mixed collagen with Genipin prior pipetting it into the culturing chamber of the chip. The solution of 135 μl collagen, 39 μl ECM, 14 μl 10X Ham’s F-12, 1 μl 1N NaOH and 1 μl 20 mM Genipin was gently mixed and incubated on ice for a period of 5–10 min to get rid of any air bubbles which might generate during the mixing step, before being added to pre-chilled chips kept on ice for at least 15 min. The devices were subsequently incubated at 37°C to allow gel formation of the collagen matrix. Genipin improved the stability of the PDMS-collagen interaction such that delamination was never observed for up to 12 days. After removal of the acupuncture needle, non-reacted Genipin was quenched by covering the top of the collagen brain microvessel-on-a-chip with PBS containing 1 mM Tris pH 8.0 in PBS in addition to flowing the same solution through the cylindrical lumen for 15 min at 1 μl/min. Chips were then washed with 3 ml of PBS alone (added to the top of collagen) and flow of PBS alone for 15 min at 1 μl/min. Prior to cell seeding (see below), a solution containing complete ECM medium was injected to the lumen for 15 min at 1 μl/min.



Cell Seeding

To line the lumen with TY10 cells and generate a perfused microvessel-like structure, two strategies were used to ensure uniform cell seeding. In the first strategy (cell concentrator chip, Figure 2A), we designed a gravity-based microfluidic cell concentrator to reach a sufficiently high density of cells for seeding of the collagen lumen using minimal cell concentration. A PDMS chip whose single channel splits up into four microchannels that merge again into a single channel after 5 mm was used as bottom layer with a central 2.5 mm collection chamber. To securely fit a 25 mm long silicon tubing of OD 4 mm/ID 2.5 mm, a second PDMS layer with 4 mm hole was bonded as a lid and the tubing was fixated with epoxy glue. The inlet of the concentrator chip was connected via tubing to a syringe pump and the outlet to the brain microvessel-on-a-chip. TY10 cells were resuspended to 0.1 million cells/ml and transferred into a 1 ml syringe. The cells settled by gravity within 15 min at the collection chamber on the bottom glass surface which was passivated with 0.01 mg/ml Poly-D-Lysine-PEG to prevent the cells from sticking to the glass. A plug comprised of an epoxy filled pipette tip was inserted into the central tubing to prevent upwards flow before initiating the flow. Applying flow through the microfluidic channel resulted in shear force that pushed the cell bolus into the tubing leading to the culturing chamber of the brain microvessel-on-a-chip.
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FIGURE 2. Cell seeding procedures and formation of a human brainmicrovessel using TY10 cells. (A) Cell seeding, 1st method. Representation of the steps used to increase the cell concentration before injection into the chip. Cells are allowed to settle by gravity (left and central panels) in the cell seeder and then injected as a bolus into the hollow lumen. Prior to injection, the chamber is capped with a plugged pipette tip (central panel). (B) Cell seeding, 2nd method. Representation of the steps used to inject cells into the chip in a more controlled and uniform manner compared to the 1st method. Cells are allowed to settle at the bottom of a syringe, and are then delivered into the hollow lumen at constant flow controlled by a syringe pump. (C) Immunostaining of TY10 monolayers: endothelial cell marker PECAM-1/CD31, transporters Glut-1 and transferrin receptor (TfR), and tight junction proteins ZO-1, Occludin and Claudin-5. Staining for laminin provides evidence that TY10 cells deposit extracellular matrix while in culture. Scale bar, 100 μm. (D) Representative image of a chemically fixed sample of TY10 cells after they were grown in the brain microvessel-on-a-chip with medium flowing from left to right at 1 μl/min for 7 days. Volumetric image was obtained using a spinning disk confocal microscope. Maximum z-projection is shown for a sample stained with DAPI (nuclei, blue) and phalloidin (actin, green). Scale bar, 100 μm. (D’) Representative image of a chemically fixed sample of TY10 cells after they were grown in the microfluidic-on-a-chip with medium flowing from left to right at 1 μl/min for 7 days. Single plane image was obtained using a Zeiss 710 confocal microscope. The image highlights the linear organization of actin stress fibers along the axis of flow. Sample stained with DAPI (nuclei, blue) and phalloidin (actin, green). Scale bar, 20 μm. (E) Representative volumetric image of a live sample of TY10-eGFP cells expressing membrane bound eGFP obtained using spinning disk confocal microscopy. The image highlights the organization of the cells as a monolayer at the boundary between the lumen of the artificial microvessel and the collagen scaffold. The cells on the bottom illustrate cells growing between the glass slide and the lumen. Panels are rotated 90-degrees from each other. Scale bar, 50 μm. See associated Supplementary Movie 2.


In the second strategy a simplified procedure was implemented in order to enhance the experimental turnover as illustrated in Figure 2B and its results section. In brief, TY10 cells were harvested and resuspended to 1 million cells/ml. A total of 900 μl of the cell solution was then mixed with 100 μl solution of collagen IV (Sigma, C5533, MO, United States), fibronectin (Sigma, F2518), and laminin (EMD Millipore, AG56P) at 5:1:1 concentration ratio before transferred into a 1 ml syringe with BD Luer-Lok (BD, 309628, NJ, United States). The syringe was then hanged vertically to allow cell settling by gravity for 10–15 min with no flow. Cell seeding was initiated under flow for about 15–20 min at 1 μl/min. Cell seeding was monitored by visual inspection using a microscope to observe the brain microvessel-on-a-chip placed inside a petri dish kept under sterile conditions.

After either procedure, chips were incubated at 37°C for a minimum of 4 h before being perfused with fresh ECM media via positive pumping to wash out the unattached cells. The chips were maintained under continuous unidirectional flow at a rate of 1 μl/min in a cell culture incubator at 37°C, 5% CO2. Confluent TY10 monolayers were formed typically after 72 h and the brain microvessel-on-a-chip devices were used for subsequent analyses following 7 days after seeding incubation in all experiments.




Actin Staining in the Microvessel-on-a-Chip

The collagen samples including the lumen were fixed and permeabilized using BD Cytofix/Cytoperm Kit (BD, 554714, CA, United States) according to the manufacturer’s protocol. In brief, Cytofix was added to a 1 ml syringe and perfused through the microvessel at a flow rate of 1 μl/min for 30 min before changing to the Cytoperm buffer (diluted 1:10 in PBS) for 1 h at 1 μl/min. The flow was then stopped and the brain microvessel-on-a-chip placed on a well of a six well plate in 2 ml of Cytoperm buffer (diluted 1:10 in PBS) overnight. The microvessel was stained with AlexaFluor488 Phalloidin (Thermo, A12379, at 1:100 dilution) and NucBlue (Thermo, R37606, 1 drop/500 μl) by perfusing the dyes in Cytoperm buffer at 1 μl/min through the microvessel for 1 h, followed by washing with 0.1% BSA in PBS buffer for 4 h at 1 μl/min. Images were collected using Zeiss LSM 710 microscope (10x objective) through the bottom glass slide.



Immunofluorescence

TY10 cells were seeded in a 24-well glass bottom plate (In Vitro Scientific, P24-0-N, CA, United States), coated with rat tail collagen type I (50 μg/ml final concentration in 1% acetic acid) at 1 × 105 cells per well. Cells were allowed to proliferate for 3 days at 33°C, 5% CO2 before they were switched to 37°C, 5% CO2 for 3 days to initiate differentiation of TY10 cells. Cells were fixed with 4% PFA (Thermo Fisher Scientific, 50-980-487, MA, United States) for 10 min at 4°C and then blocked with 10% normal goat serum serum (Thermo Fisher Scientific, 16210064, MA, United States) for 30 min at RT. Staining was performed under permeabilized conditions using BD Perm/Wash Buffer (BD Biosciences, 554723, CA, United States). Primary antibodies were incubated for 3 h at RT. The following primary antibodies were used: anti-CD31 (Thermo Fisher, MA3100, 1:100), anti-ZO1 (Thermo Fisher, 40-2300, 1:60), anti-Occludin (Thermo Fisher, 40-4700, 1:200), anti-Claudin 5 (Thermo Fisher, 35-2500, 1:50), anti-Glut-1 (Thermo Fisher, PA1-1063, 1:100), anti-TfR (Thermo Fisher, A-11130, 1:25) and anti-Laminin (abcam, ab11575, 1:100). The following secondary antibodies were incubated for 45 min at RT: goat anti-mouse AlexaFluor 488 (Thermo Fisher, A11001, 1:1000), goat anti-rabbit AlexaFluor 488 (Thermo Fisher, A11008, 1:1000), and goat anti-rabbit AlexaFluor 568 (Thermo Fisher, A11011, 1:1000), supplemented with Hoechst 33342 (Thermo Fisher, H3570, 1:2000). For imaging, Zeiss LSM 710 Confocal and Leica SP5 Confocal microscopes (40x objective) were used, and image processing was performed in ImageJ (NIH).



Barrier Integrity Assay


Microvessel-on-a-Chip

Chips were washed with ECM culture medium (once with 1 ml added to the top of collagen followed by a flow at 1 μl/min for 15 min) to ensure proper flow profiles during the subsequent barrier integrity assay. Next, all medium was aspirated from the chip and 1 ml of medium without fluorescent compound using Gibco® FluoroBriteTM DMEM (Thermo Fisher, A1896701, MA, United States) was added. Medium containing 25 μg/ml of 10 kDa FITC-dextran (Sigma, FD10S, MO, United States) or hmAb-AF568 was added through the inlet at a flow rate of 1 μl/min for all the experiments. The inlet was connected to microvessels with and without TY10 cells and image acquisition was started. Leakage of the fluorescent substrate (dextran or hmAb) from the lumen of the microvessel into the adjacent collagen matrix was imaged using a spinning disk confocal microscope with 40x water immersion objective. The fluorescence intensity profiles and ratios between the fluorescent signal in the basal and apical region of the microvessel tube were analyzed using MATLAB (MathWorks, MA, United States). Apparent permeability (Papp) was used for quantifying diffusional permeability as described (Yuan et al., 2009). In brief, Papp was calculated by analyzing total fluorescence intensity in the imaged 2D area of the lumen and collagen and then applying Papp = (1/ΔI) (dI/dt)0 (r/2), where ΔI is the increase in total fluorescence intensity upon adding labeled dextran or labeled hmAb to the lumen, (dI/dt)0 is the temporal initial rate of linear increase in intensity as the labeled molecules diffuse out of the microvessel into the surrounding collagen matrix, and (r) is the radius of the microvessel (100 μm for our brain microvessel-on-a-chip). All experiments were carried out at n = 4–6; exact numbers are mentioned per experiment in figure captions. Graphs were plotted using GraphPad Prism 6 (GraphPad Software, CA, United States).



Transwell

Transwell inserts (Falcon, 08-771-8, MA, United States) were coated with 50 μg/ml rat tail collagen type I (Corning, Cat# 354236) in 1% acetic acid for 1 h and then washed with PBS prior to cell seeding. Per 12-well transwell insert, 125,000 TY10 cells were seeded in 1 ml ECM (ScienCell, 1001, CA, United States), and 2 ml ECM was added to the bottom chamber (Falcon, 08-771-22, MA, United States). Cells were allowed to proliferate at 33°C, 5% CO2 for 3 days, then switched to 37°C, 5% CO2 for another 3 days for differentiation, with media changes every other day. Transwell inserts without cells were used as control. On the day of the permeability assay, media was refreshed in both chambers and 1 mg/ml final concentration of 10 kDa FITC-Dextran (Millipore Sigma, FD10S, MA, United States) was added to the top chamber. The plate was incubated for 1 h at 37°C, 5% CO2 after which samples of 100 μl were taken from the bottom chamber and transferred to a black/clear bottom 96-well plate. Fluorescence intensity was determined with a plate reader set at excitation 490 nm and emission 535 nm.




Spinning Disk Confocal Imaging

Imaging was done using a Marianas spinning disk confocal microscope (3i, Colorado, United States) with the water immersion objective lens LD C-Apochromat 40x/1.1 (Carl Zeiss, Jena, Germany). The images consisted of 512 x 512 pixels with a pixel size of ∼333 nm. The EMCCD camera settings (gain, speed, intensification, and exposure) and laser power were maintained throughout the imaging experiments. Images were acquired using SlideBook 6 (3i, Colorado, United States) and data analysis carried out using SlideBook 8 and custom-made software using MATLAB 2017A (Natick, MA, United States). For the analysis of heat maps and Papp, ROIs were the entire original field of view.



LLSM Imaging

A microvessel-on-a-chip fabricated on 8∗5-mm rectangular #1.5 glass coverslip was picked with forceps, and placed in the sample bath of the 3D LLSM. The sample was imaged in a time series in 3D using a dithered multi-Bessel lattice light-sheet by stepping the sample stage at 200 nm intervals in the s-axis equivalent to ∼104 nm translation in the z-axis. Each 3D stack corresponded to a pre-deskewed volume of ∼80 μm x 120 μm x 47 μm (800 × 1200 × 451 pixels). The sample was excited with a 488-nm laser (∼100 mW operating power with an illumination of ∼77 μW at the back aperture), a 560 nm laser (∼100 mW operating power with an illumination of ∼176 μW at the back aperture) and a 642nm laser (∼100 mW operating power with an illumination of ∼121 μW at the back aperture) to acquire 451 imaging planes, each exposed for ∼44.1 ms and recorded with two Hamamatsu ORCA-flash 4.0-V2 cameras; thus, each 3D image took ∼60 s to acquire. The inner and outer numerical apertures (NAs) of excitation were 0.513 and 0.55, respectively. The overall 3D volume of ∼240 μm × 880 μm × 180 μm was obtained by stitching together 165 (3 × 11 × 5) 3D stacks, with an overlap of 40 and 9 μm in the y-axis and z-axis, respectively.



Transmission Electron Microscopy

The collagen matrix including the lumen was washed 3 times with PBS and then fixed by immersion in 5 ml of fixing solution (2.5% glutaraldehyde, 2% sucrose, 50 mM KCl, 2.5 mM MgCl2, 2.5 mM CaCl2 in 50 mM Cacodylate buffer pH 7.4) (Sigma) and kept at 4°C, overnight in the dark. Fixed collagen samples were washed 3 times with a solution containing 50 mM PIPES pH 7.4 (Sigma, P6757, MO, United States) kept in ice and then they incubated for 2 h in ice and in the dark in a freshly prepared staining solution (SSI) made of 1% OsO4 (Electron Microscopy Sciences, 19190), 1.25% potassium hexacyanoferrate (II) (Sigma, 455989) and 100 mM PIPES pH 7.4. Samples were rinsed 3 times with ice-cold water and incubated again for a second time for 30 min in ice and in the dark with a freshly prepared staining solution II (SSII). SSII was prepared by 1:100 dilution of SSI in a freshly prepared 1% thiocarbohydrizide (Electron Microscopy Sciences, 21900, PA, United States). Finally, the samples were washed for 3 times with ice-cold H2O and then incubated overnight in the dark in 1% uranyl acetate (Electron Microscopy Sciences, 22,400, PA, United States) at 4°C.

For the dehydration and embedding step, the fixed and stained samples were first washed 3 times with ice cold water and then subjected to dehydration with a 20-50-70-90-100% ethanol – 100% acetone dehydration series. Samples were then infiltrated overnight, at 4°C with 50-50 acetone-Epon812 epoxy resin (Electron Microscopy Sciences, 14120, PA, United States). Next day, the samples were washed 3 times with 100% Epon812 and then kept in an oven for 36 h at 60°C. Sections of 60–70 nm in thickness were cut transversally to the long axis of the lumen and imaged with a JEOL JEM 1200 EX TEM microscope with a voltage of 80 KV and a nominal magnification of 15,000.



Statistical Analysis

StatsDirect 3 (Liverpool, United Kingdom) was used for one-way ANOVA and student’s t-test analyses with Bonferroni post-hoc correction. Data were presented as mean ± standard error of the mean (SEM) where (∗∗∗) denotes a statistically significant difference with p < 0.001 and (ns) indicates a statistically non-significant difference.




RESULTS AND DISCUSSION

We engineered an open design microfluidic chip to generate a 3D microphysiological model of the human brain endothelial microvessel readily accessible to optical imaging. The unique characteristics of this novel brain microvessel-on-a-chip are the open design of the cell culture chamber and a cylindrical hollow lumen amenable to continuous unidirectional flow within a casted gel of extracellular matrix (ECM) components. The open system allows direct access of the collagen matrix for efficient exchange of gases and medium in addition to readily access to optical imaging while cells growing with continuous unidirectional flow at the interphase between the casted gel and the lumen mimic the environment of a microvessel.


Fabrication of the Microvessel-on-a-Chip

Figure 1A graphically summarizes the sequential steps used to build a microvessel-on-a-chip model. It is based on sequential bonding using soft lithography (Bischel et al., 2013) of thin layers of optically clear PDMS on top on a glass microscope slide. The geometry and dimensions of the microvessel-on-a-chip were optimized for its use with three major complementary forms of live 3D optical imaging, spinning disk confocal, lattice light sheet microscopy (LLSM) and the recently developed variant, LLSM modified with adaptive optics (AO-LLSM) (Gao et al., 2019). We chose to include access to LLSM and AO-LLSM because these imaging modes have revolutionized fluorescence optical microscopy providing volumetric imaging with unprecedented high spatial and temporal precision with minimal bleaching and phototoxicity (Liu et al., 2018).

Spinning disk confocal microscopy is performed through the glass slide at the bottom of the microvessel-on-a-chip, while LLSM or AO-LLSM are carried out from the open top as illustrated in Figure 1B. The device is also suited for chemical fixation and the sample preparation required for high-resolution electron microscopy visualization.

The consecutive stages used to generate the cylindrical hollow lumen within the casted gel followed by seeding of endothelial cells on the wall of the lumen are depicted in Figure 1C and described in detail in methods. It involved first placing an acupuncture needle between the microfluidic inlet and outlets (Figures 1C, 2) followed by casting a collagen matrix (Figures 1C, 3), gentle removal of the needle after collagen gelation (Figures 1C, 4) and ending with cell seeding under flow (Figures 1C, 4). A Pluronic F-127 passivated 100 μm acupuncture needle was inserted from the outlet toward the inlet to provide the required scaffold for the culturing matrix. Collagen type I (7 mg/ml) has been used to assemble the culturing scaffold. The chosen diameter of the needle enables the device to recreate artificial microvessels where an endothelial monolayer is formed against a collagen matrix and is stably maintained by shear stress and surface tension. See Supplementary Movie 1 for a brief video with step-by-step instructions to facilitate the construction by other laboratories of the microvessel-on-a-chip.
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FIGURE 3. Transmission electron microscopy highlighting the appearance of junctions between TY10 endothelial cells within the brain microvessel-on-a-chip. The upper left panel shows a schematic cross section of the brain microvessel-on-a-chip highlighting the location of the monolayer of TY10 endothelial cells at the interface between the lumen of the microvessel and the collagen. The representative images in the bottom panels derive from junctions between opposite ends of adjacent cells. The yellow arrows highlight electron-density characteristic of tight junctions. Scale bars with corresponding magnifications are indicated.
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FIGURE 4. TY10 cells establish a functional barrier in the brain microvessel-on-a-chip. (A) The left panel is a schematic representation of the experimental setup used to determine the apparent permeability of fluorescent solutes diffusing between the lumen of the artificial microvessel and the collagen in the absence and presence of TY10 cells. The boxed numbered areas represent typical regions imaged using spinning disk confocal microscopy. The fluorescent images are of hmAb-AF568 (red) applied at constant flow (1 μl/min) for 20 min in the absence (left and central panels) and presence (right panel) of 1 mM TRIS in addition to Genipin (a chemical crosslinker) added to stabilize the collagen matrix (see Methods). Genipin followed by 1 mM TRIS treatment dramatically decreased the non-specific retention of the antibody by the collagen. (B–D) Heat map representation of the fluorescence intensity of 10 kDa FITC-Dextran (B) or antibody hmAb-AF568 (C) diffusing from the lumen through the collagen as a function of time obtained at a flow of 1 μl/min. The significant decrease in the amount of antibody that passes through the endothelial cell layer is highlighted in panel (D), demonstrating that TY10 cells form a functional barrier in the brain microvessel-on-a-chip. See associated Supplementary Movies 3–5. (E) Apparent permeability data for 10 kDa FITC-Dextran or hmAb-AF588 obtained from experiments carried with a traditional 2D transwell (n = 8 without TY10 cells and n = 6 with cells) and with the brain microvessel-on-a-chip (see B–D) without (n = 6) and with (n = 4) cells. The experiments compare the apparent permeability of the soluble molecules in the absence or presence of cells between the two compartments of the transwell, or between the boundary of the lumen and collagen in the brain microvessel-on-a-chip. One-way ANOVA and student’s t-test analyses with Bonferroni post-hoc correction was used to identify significant differences between samples. Error bars indicate SEM.; ***p ≤ 0.001, ns: non-significant.




Cell Seeding and Establishment of an Endothelial Microvessel

Cell seeding was performed with two methods. The first one involved use of a cell-concentrator chip designed and operated as indicated in Figure 2A. Cells in suspension were placed on a pipette tip linked to the top of the cell-concentrator, allowed to settle by gravity for 15 min to a cell density of ∼0.1 million/ml, and cells then injected into the hollow lumen with the aid of a syringe pump. Before activation of the syringe pump, we replaced the pipette feeding cells with an epoxy-plugged pipette as a way to prevent backflow. Afterward the bolus with cells reached the hollow lumen, flow was then stopped allowing cells to settle for 24 h so they could attach to the internal walls of the cylindrical lumen of the chip. TY10 cells were grown for 7 days under flow, at which point they established a monolayer and hence were ready for imaging experiments. We used TY10 cells to model the endothelium of the BBB, but any other endothelial or epithelial cell type may be also used to establish a barrier-forming cell model.

The second, and in our hands preferred cell seeding method (Figure 2B), involved use of a 1 ml syringe driven by a mechanical syringe pump. A solution containing ∼ 900 μl of 1 million/ml cells in medium mixed with 100 μl of a solution containing laminin, fibronectin and collagen type IV to promote cell attachment, was placed in a vertically oriented syringe and cells allowed to settle for ∼10–15 min. Afterward, flow of 1 μl/min was applied for 10–15 min in order to inject the cells into the lumen of the chip; cells were then allowed to settle and attach to the internal walls of the lumen for 4 h at 37°C. As with the first method, cells were then grown for 7 days at a flow rate of 1 μl/min, before their use for imaging. This simpler cell seeding method is particularly advantageous for cases in which the cellular supply might be limited such as when using primary cells or iPSC-derived cells from patients.

Extent of seeding was optically monitored with the aid of an inverted microscope by direct inspection of the device placed inside a closed petri dish to ensure sterility. Cellular viability was determined for both cell seeding methods using exclusion of Trypan Blue. These experiments indicate that the two methods have comparable results (viability of 91% and 96% for methods 1 and 2, respectively). In our hands, method 1 was associated with a 100% success rate (n = 8) while method 2 had a lower success of 87% (n = 29). Of note, success rate has been defined by a complete cell seeding of the lumen from the first round, resulting in full coverage of the lumen with endothelial cells, without the need for a second round of cell seeding.

To summarize, the two methods are associated with a comparable cell viability. Method 1 has a higher success rate and requires 10x less cells (0.1 million/ml vs. 1 million for method 2) but at the expense of longer incubation time (24 h vs. 4 h required for method 2) and extra time and cost associated with manufacturing of the cell concentrator microfluidic device. For these reasons, we have mainly opted for method 2 in this study, but intended to offer the reader a second option if cell supply is limiting, for instance.



TY10 Cells as a Model for BBB Endothelium

In the brain, the basement membrane surrounding the endothelial cells of the brain vasculature is comprised of fibronectin, laminin (Aumailley et al., 2005) and collagen type IV (Hartmann et al., 2007). Indeed, in vitro monolayers of endothelial cells grown on a matrix containing fibronectin, laminin, and collagen type IV exhibit enhanced TEER, suggesting a role for these molecules in promoting the formation of tight junctions (Tilling et al., 1998, 2002; Gautam et al., 2016). To mimic the physiological BBB microenvironment and presumably also to enhance the seeding efficiency in the brain microvessel-on-a-chip, we injected before cell seeding a solution containing fibronectin and laminin for 30 min at 1 μl/min. TY10 cells were allowed to settle for 24 h at 37°C before starting the flow at 1 μl/min.

One of the major challenges of developing physiologically relevant in vitro brain microvessel models is the availability of suitable brain-derived cells of endothelial origin and of human origin in particular. Primary human brain endothelial cells or cells differentiated from induced pluripotent stem cells (iPSC) derived from control or diseased patients are preferred for in vitro brain microvessels and BBB models. Use of primary cells is restricted to very low passage numbers to prevent down-regulation of the unique features of the BBB (Reichel et al., 2003). More general, the difficulties in collecting and purifying these cells can considerably limit their use and reliability, as well as reproducibility (Bernas et al., 2010). Immortalized brain-derived cell lines can have great advantages such as accessibility and convenience of use especially for optimization purposes despite that some of the available lines might not exhibit all BBB characteristics (Kuhnline Sloan et al., 2012; Eigenmann et al., 2013; Wong et al., 2013). Nonetheless, certain cell lines may still exhibit the required properties for some pathophysiological and medicinal applications in a fit-for-purpose approach.

We therefore chose immortalized human brain derived TY10 microvascular endothelial cells that have been used to model the human BBB in a number of previous studies (Takeshita et al., 2014; Spampinato et al., 2015; Shimizu et al., 2017, 2019; Wevers et al., 2018). TY10 cells are immortalized and proliferate at 33°C, and stop growing and acquire a phenotype of primary brain endothelial cells at 37°C (Maeda et al., 2013). These cells harbor a spindle-shaped morphology, express markers typical for brain endothelial cells, and express P-glycoprotein (P-gp) irrespective of passage number (Sano et al., 2010, 2013). These cells also express the endothelial marker PECAM-1/CD31, transporters Glut-1 and transferrin receptor (TfR), and tight junctions claudin-5, occludin, and zonula occludens (ZO)-1 (Figure 2C). TY10 cells have well characterized barrier-forming features and correlation between tight junction expression and barrier function in TY10 cells is well-established in the literature (Spampinato et al., 2015; Shimizu et al., 2017, 2019; Takeshita et al., 2017). We also provide evidence that TY10 cells secret components of the extracellular matrix by staining for laminin (Figure 2C).

As depicted in the representative fluorescence microscopy image of a chemically fixed sample stained for actin and DNA shown in Figure 2D, TY10 cells grew as a monolayer at the interphase between the cylindrical lumen and the collagen matrix in the microvessel-on-a-chip. Cultured for 7 days with constant flow at 1 μl/min of media, they appeared elongated along the flow axis, in agreement with previous findings (Ohashi and Sato, 2005; Aird, 2007). We have also shown in Figure 2D an enlarged region showing elongated actin stress fibers along the axis of flow in the lumen of the microvessel. This confirms the overall elongated organization of the TY10 cells grown in the chip under conditions of unidirectional flow. Importantly, most TY10 cells failed to align when grown in the commercial Mimetas OrganoPlate® platform that subjects the cells to bidirectional instead of unidirectional flow of medium (Figure 1D; Wevers et al., 2018). This is an important characteristic since shear stress is known to play a role in regulating signaling cascades (Conway and Schwartz, 2012), enhancing the expression of key genes associated with transporters and junctional proteins (Cucullo et al., 2011), and plays a pivotal role in BBB regulation (Neuwelt et al., 2008; Neuwelt et al., 2011). Further confirmation for the cell organization was obtained using TY10 cells stably expressing soluble eGFP grown in a similar way and then imaged by live cell fluorescence microscopy 3D imaging (Figure 2E and related Supplementary Movie 2).

We further characterized, at the ultrastructural level, the TY10 brain microvessel-on-a-chip established under unidirectional flow as a way to detect presence of tight junctions between adjacent TY10 cells grown at the lumen-collagen interphase by using transmission electron microscopy (TEM) (Figure 3). The representative images highlight the presence of a narrow gap between adjacent cells and the occurrence of tight junctions. Similar images were observed along most cell-cell contacts between TY10 cells imaged visualized in other regions from this and other TEM sections. The open design provides an ideal tool for advanced imaging strategies since sample preparation in closed microfluidic chips is a real challenge, as one needs to fix the cells in situ, and then remove the surrounding polymer and glass to gain access to the cells for further processing. In the study by Lemos et al. (2016), the TEM images presented in the paper were obtained by fixing the cells, freezing the tissue and then cutting the PDMS away while the chip was kept in a container of dry ice. The freeze-thaw cycle negatively impacts the microstructure of the cells as indicated by the loss of the continuity of cell membrane (Figure 6C; Lemos et al., 2016). When trying to extract the hydrogel directly without the freeze-thaw cycle, the lumen was often completely destroyed and no usable data were generated. The clear advantage of the open design chip is that the collagen and cells can be directly embedded for TEM imaging without the risk of damaging the cells with additional manipulations.

TEER is frequently used to evaluate the integrity of the tight junctions and barrier function of in vitro models of the BBB. Use of this approach is not practical for our brain microvessel-on-a-chip model because the geometric constrains prevent us from positioning electrodes on opposite sides of the endothelial monolayer between the cylindrical lumen and the collagen matrix. To circumvent this limitation, we capitalized on our ability to use fluorescence optical imaging with our device as a way to determine permeability coefficient across the endothelial monolayer and hence establish the extent of the barrier function of cells grown in the brain microvessel-on-a-chip. Using spinning disk confocal fluorescence microscopy, we determined the rate of transport of fluorescently tagged humanized monoclonal hmAb-AF568 (Figures 4A,C,D) or 10 kDa FITC-dextran (Figure 4B) across the lumen-matrix interphase in the absence or presence of cells. Unexpectedly, in the absence of cells, we found retention of hmAb-AF568 at the lumen-matrix interface (Figure 4A, central fluorescence image). This retention appeared to be due to capture of the antibody by unreacted Genipin (the stabilizing primary amine crosslinker used to stabilize the collagen matrix, see section “Materials and Methods”). Quenching the unreacted reagent (see section “Materials and Methods”) fully prevented the hmAb-AF568 capture (Figure 4A, right fluorescence image). As shown by the time-dependent heat maps depicted in Figures 4B,C, 10 kDa FITC-dextran and hmAb-AF568 freely diffused from the lumen toward the collagen matrix.

We designed our system with the goal of enabling the study antibody transcytosis, and thus the 10 kDa FITC-dextran was selected for permeability analysis since it has a similar hydrodynamic radius and appropriate equivalent size-exclusion range as antibodies, hence enabling us to perform a direct comparison.

The apparent permeabilities of hmAb-AF568 and 10 kDa FITC-dextran, determined as the flux through a given unit area under gradient concentration (cm s–1) were also similar (Figure 4E) as expected for molecules with comparable radius of gyration (1.86 and 5–6 nm, respectively) (Armstrong et al., 2004; Hawe et al., 2011). In contrast, presence of the TY10 monolayer at the lumen-matrix interphase significantly hindered the transport of hmAb-AF568 (Figure 4D), with a significantly lower apparent permeability (Figure 4E).

We include as a comparison data from a permeability assay with 10 kDa FITC-dextran carried out in a static transwell model. In these experiments, dextran was added to the top chamber above an endothelial TY10 monolayer, and was then sampled after 1 h from the bottom chamber. In a transwell insert without cells, dextran freely diffused from the top to the bottom chamber, while a significant reduction in dextran flux was observed in the presence of TY10 cells (13.5-fold, p < 0.0001), demonstrating that cells formed a functional barrier (Figure 4E). TY10 cells appeared tighter in the microfluidic device compared to the transwell model (average Papp values of 1.73–6 vs. 3.44–6, p = 0.004) (Figure 4E). It is noted that at baseline (no cell controls in transwell and microfluidic chip), the apparent permeability was lower in the collagen microvessel which is likely an effect from pore size, surface area or other parameters attributed to the semipermeable membrane of a transwell insert that do not allow a direct comparison between the two systems. We conclude that TY10 cells, when comparing to its respective no-cell control within each experimental system, established a significant barrier to antibody diffusion, in agreement with similar previous results obtained with these and other cells using different in vitro human brain endothelial cell models (Eigenmann et al., 2013; Wevers et al., 2018).



Application of Advanced Lattice Light Sheet Imaging

Our microfluidic device is the only currently available design that can fit within the physical constraints of LLSM objectives (there is only 170 microns left to fit it the entire microfluidic device). In Figure 5, we provide a proof-of-concept that our design can fit and be successfully used to image the lumen and the surrounding collagen matrix not readily accessible with conventional microfluidic devices (Figures 5A,B).


[image: image]

FIGURE 5. Visualizing IgG antibody diffusion in the microfluidic chip using LLSM. (A) Schematic representation of the volumetric imaging strategy used to visualize the lumen of the microvessel and surrounding volume within the chip using LLSM. The cubes represent the adjacent regions imaged by serial scanning of the sample using a distance of 100 nm between planes. (B) Schematic representation of the imaging set up used in LLSM. (C) Selected planes corresponding to the volumetric imaging obtained using LLSM of a sample containing 3 μm SPHEROTM Goat anti-Human IgG coated polystyrene beads embedded in the collagen matrix. Before imaging, a solution containing hmAb-AF647 was perfused at 1 μl/min for 20 min. The fluorescent spots (marked by arrows in the selected planes located 16 μm apart) highlight beads with captured hmAb-AF647 located within the collagen matrix. The peak fluorescence intensity of the captured hmAb 2.6+7 ± 1.3+7 (mean ± SEM in arbitrary units) did not show a dependence with distance away from the lumen, consistent with efficient capture of the diffusing antibody. Scale bar, 30 μm.


We show our ability to image beads interspersed in the collagen matrix that have captured fluorescently tagged antibodies diffusing from the lumen of the artificial microvessel (Figure 5C). In this case, we placed 3 μm SPHEROTM goat anti-human IgG coated polystyrene beads in the collagen matrix, to then capture hmAb-AF647 labeled antibodies perfused through the lumen of the microvessel within the chip; visualization was done using LLSM (Figure 5C, arrows). The peak fluorescence intensity of the captured hmAb 2.6+7 ± 1.3+7 (mean ± SEM in arbitrary units) did not show dependence with distance away from the lumen, consistent with efficient capture of the diffusing antibody.

In the future, we will capitalize on the recently developed lattice light sheet microscope modified with adaptive optics (AO-LLSM) that has significantly improved optical imaging capabilities to better visualize internal cellular compartments and investigate the transcytosis of antibodies and potentially other biotherapeutics across the endothelial barrier. This system has properties ideal for addressing other biological questions that can benefit from the advantages of LLSM and AO-LLSM because of their high temporal and spatial resolution combined with the very minimal bleaching even when the samples are imaged for prolonged times (Chen et al., 2014; Aguet et al., 2016; Liu et al., 2018).

Compared to traditional closed platforms, our open design facilitates harvesting of cells for gene expression profiling using RNAseq or quantitative PCR, protein expression by Western Blot or Mass Spectrometry, although the number of cells per microvessel may be limiting for some of these applications. Another advantage of the open chip design is the ease for chemical fixation and sample handling of the biological material located within the collagen associated with TEM, with high resolution volumetric imaging using Focused Ion Beam Scanning Electron Microscopy (FIB-SEM) and also with the newly developed modality of expansion microscopy combined with LLSM (Ex-LLSM) (Xu et al., 2017; Gao et al., 2019; Wassie et al., 2019).

Our results provide a supporting evidence showing how the open design of our microfluidic brain microvessel-on-a-chip device can be used to facilitate future studies of brain endothelial physiology at a subcellular level, particularly since cells can be grown under controlled unidirectional flow conditions. A next-generation model of the microvessel-on-a-chip could include addition of supporting cells such as astrocytes and pericytes to generate a more complex and physiologically relevant representation of the in vivo BBB. Further, our device is amenable to other barrier-forming cell systems found in vascular beds of peripheral tissues such as kidney or lung, for instance, or systems modeling like the gut epithelium.

The readily imaging accessibility of our open design is particularly suited for investigations of molecular transport mechanisms involved in the transcellular transport of biologicals, viruses or nanoparticles with the potential of providing insights at extraordinary level of detail. Although we exemplified here the implementation with the LLSM system, it is also designed to take advantage of AO-LLSM, which enables capture of high-resolution 3D movies of collective behavior of cells in a multicellular environment (Ji, 2017; Gao et al., 2019).
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MOVIE S1 | Fabrication of the microvessel-on-a-chip. Simplified guide illustrating key steps during the fabrication of the microvessel-on-a-chip. The movie has been uploaded to FigShare® and is available using this link: https://figshare.com/s/bb9ed44327f80a152abb.

MOVIE S2 | Live cell imaging of a brain microvessel-on-a-chip. 3D rendition of a live sample of TY10-eGFP cells expressing membrane bound eGFP grown as a monolayer at the boundary between the lumen of the artificial microvessel and the collagen scaffold within the brain microvessel-on-a-chip. The volumetric image was obtained using spinning disk confocal microscopy.

MOVIE S3 | Absence of a functional barrier between the lumen and the collagen matrix of the brain microvessel-on-a-chip. Time series of the fluorescence intensity presented as a heat map of 10 kDa FITC-Dextran diffusing from the lumen through the collagen as a function of time obtained at a flow of 1 μl/min. Data was obtained in the absence of a cell monolayer at the boundary between the lumen of the artificial microvessel and the collagen scaffold within the brain microvessel-on-a-chip.

MOVIE S4 | TY10 cells establish a functional barrier in the brain microvessel-on-a-chip. Time series of the fluorescence intensity presented as a heat map of antibody hmAb-AF568 diffusing from the lumen through the collagen as a function of time obtained at a flow of 1 μl/min. Data was obtained in the presence of a monolayer of TY10 cells at the boundary between the lumen of the artificial microvessel and the collagen scaffold within the brain microvessel-on-a-chip.

MOVIE S5 | TY10 cells establish a functional barrier in the brain microvessel-on-a-chip. Time series of the fluorescence intensity presented as a heat map of antibody hmAb-AF568 diffusing from the lumen through the collagen as a function of time obtained at a flow of 1 μl/min. Data was obtained in the presence of a monolayer of TY10 cells at the boundary between the lumen of the artificial microvessel and the collagen scaffold within the brain microvessel-on-a-chip.
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Microphysiological systems, also known as organs-on-chips, are microfluidic devices designed to model human physiology in vitro. Polydimethylsiloxane (PDMS) is the most widely used material for organs-on-chips due to established microfabrication methods, and properties that make it suitable for biological applications such as low cytotoxicity, optical transparency, gas permeability. However, absorption of small molecules and leaching of uncrosslinked oligomers might hinder the adoption of PDMS-based organs-on-chips for drug discovery assays. Here, we have engineered a modular, PDMS-free microphysiological system that is capable of recapitulating biologic barrier functions commonly demonstrated in PDMS-based devices. Our microphysiological system is comprised of a microfluidic chip to house cell cultures and pneumatic microfluidic pumps to drive flow with programmable pressure and shear stress. The modular architecture and programmable pumps enabled us to model multiple in vivo microenvironments. First, we demonstrate the ability to generate cyclic strain on the culture membrane and establish a model of the alveolar air-liquid interface. Next, we utilized three-dimensional finite element analysis modeling to characterize the fluid dynamics within the device and develop a model of the pressure-driven filtration that occurs at the glomerular filtration barrier. Finally, we demonstrate that our model can be used to recapitulate sphingolipid induced kidney injury. Together, our results demonstrate that a multifunctional and modular microphysiological system can be deployed without the use of PDMS. Further, the bio-inert plastic used in our microfluidic device is amenable to various established, high-throughput manufacturing techniques, such as injection molding. As a result, the development plastic organs-on-chips provides an avenue to meet the increasing demand for organ-on-chip technology.
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INTRODUCTION

Microphysiological systems (MPS), commonly referred to as organs-on-chips or tissue chips, have emerged as a novel approach to create in vitro models of normal and disease physiology. By incorporating human cells into microfluidic devices that recapitulate physiological tissue architecture and dynamic in vivo stimuli, MPS have promised to address the high attrition rate of compounds in drug development by providing a more human-relevant tool to identify therapeutic targets and assess drug toxicity (Bhatia and Ingber, 2014). The rapid development of MPS has been greatly influenced by the widespread use of polydimethylsiloxane (PDMS) as a biocompatible material for microfluidic devices (Duffy et al., 1998; McDonald and Whitesides, 2002; Huh et al., 2013). PDMS demonstrated a number of advantages for early biological applications, including low cytotoxicity, optical transparency, gas permeability, and ease of microfabrication (Sia and Whitesides, 2003). One of the earliest MPS, a lung-on-a-chip, validated PDMS for applications that involve recreating the dynamic flow and mechanical stretching of the in vivo alveolar air-liquid interface (ALI) (Huh et al., 2007, 2010). However, the widespread adoption of MPS has been hampered by some of the innate properties of PDMS (Berthier et al., 2012). Of these drawbacks, the absorption of small molecules and leaching of uncrosslinked oligomers have provided the greatest hindrance to the adoption of PDMS-based MPS in the context of drug discover assays (van Meer et al., 2017).

Due to the long history of microfluidic technology, there is extensive literature on the fabrication and use of plastic microfluidic devices, which may serve as an alternative to PDMS for microphysiological systems (Becker and Locascio, 2002; Guckenberger et al., 2015). Poly(methyl methacrylate) (PMMA), a transparent thermoplastic, is not only amenable to a number of microfluidic fabrication techniques, but also highly biocompatible and less absorptive than PDMS. Previously, we have demonstrated the feasibility of a PMMA fluidic platform for biologic applications through the functional assessment and optogenetic control of pancreatic islets (Lenguito et al., 2017). However, designing fluidic channels to recapitulate in vivo barriers, such as the alveolar air liquid interface ALI or glomerular filtration barrier (GFB), while maintaining a resealable format is difficult due to the limitations of the subtractive rapid prototyping (SRP) technique employed to fabricate PMMA-based MPS.

Here, we have overcome this limitation and engineered a modular MPS using PMMA to recapitulate the in vivo microenvironment of biologic barriers. The two-part microfluidic chip is comprised apical and basal channels separated by a removable porous membrane. We demonstrate that static co-culture models of the lung ALI and GFB can be transferred to the MPS and exposed to physiomimetic dynamic stimuli. This approach aims to simplify cell culture and seeding methods within the microfluidic device and minimize the time to achieve functional constructs within the MPS. Together, these results establish that a robust MPS platform can be developed from commonly used plastics that provide an avenue to meet the increasing demand for organ-on-chip technology.



MATERIALS AND METHODS


Design and Assembly of PDMS-Free Microfluidic Chip

Apical and basal flow channels were incorporated into a two-part, resealable form-factor, based on our previously published platform for interrogation of pancreatic islets. Computer-aided design (CAD) software (SolidWorks, Dassault Systèmes) was used to generate three-dimensional parts and assemblies of the fluidic chip design. SRP of CAD designs was used to fabricate fluidic chips. Briefly, device features were milled from optically-clear, UV-resistant acrylic (0.125° thick, McMaster-Carr) using a computer numerical control milling machine (MODELA MDX-540, Roland). A 30W CO2 laser machine (Legend Helix, EpilogLaser) was used to laser cut the final form-factor of the chip from the milled workpieces. A fluoropolymer membrane was bonded to the underside of the bottom piece using a silicone adhesive. Custom gaskets were fabricated using a two-part silicone epoxy (Duraseal 1533, Cotronics Corp.). To improve the ease and speed of assembly, the gaskets were bonded to the top piece of the fluidic chip using a 100 μm thick differentially-coated polyester adhesive film (PS-1340, Polymer Science). The fully fabricated fluidic chip is then clamped in a chip holder (Fluidic Connect PRO, Micronit) to create a fluidic seal and introduce tubing connections.



Flow Profile Characterization

The fully fabricated fluidic chip is clamped in a chip holder (Fluidic Connect PRO, Micronit) to create a reversible fluidic seal and introduce tubing connections. Two microfluidic pressure pumps (Flow-EZ, Fluigent) were used to independently provide flow to the apical and basal flow channels. Flow rate was continuously measured at the outlet of the fluidic chip using liquid flow meter microsensor (LG16, Sensirion). The average flow rate was calculated from 60s recordings at pressures ranging from 0 to 150 mbar.

From flow rate measurements, the fluid shear stress τ()n the apical and basal sides of the membrane was calculated using the following equation:
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ere μ is the fluid viscosity, Q is the volumetric flow rate, b is the channel width at the center of the culture well, and h is the height of the culture well (0.5 mm). In the present design, the width of the culture well for the apical and basal flow channels was 6 and 4.5 mm, respectively, and the height of the channels.



Computational Fluid Dynamics

Computational modeling of fluid dynamics was performed using the FEM software, COMSOL Multiphysics 5.0. Three-dimensional models of the fluidic channels were imported into COMSOL from SolidWorks as a Parasolid file. The Free and Porous Media Flow physics module was used to solve for velocity and pressure fields of single-phase flow in the channels and the porous membrane separating the channels, simultaneously. Fluid flow was modeled as the incompressible flow of water (density = 1000 kg/m3 and dynamic viscosity = 0.001 Pa⋅s) governed by the Navier-Stokes and Brinkman equations. The permeability parameter of the membrane was approximated based on the hydraulic-electrical circuit analogy (Sip et al., 2014; Chung et al., 2018). This approach is based on the similarities of Hagen–Poiseuille’s law for fluid flow and Ohm’s law for electrical current flow. Assuming each pore of the membrane is a circular pipe, the fluidic resistance of a single pore (Rpore) can be calculated:
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Where μ is the viscosity of the fluid, L is the thickness of the membrane, and R is the radius of the pore. The fluidic resistance of the whole membrane (Rmemb) can then be calculated from the area (A) and porosity (ρpore) of the membrane:
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Using Ohm’s law and the above equations, the permeability parameter (k) can then be expressed as a function of the porosity and pore radius:
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A stationary solver was implemented to determine the steady state solution of the velocity and pressure fields. Flow rates were derived from the 3D computational models by taking the surface integral of the velocity field across specific regions.



Characterization of Membrane Strain

Bi-axial strain applied to the membrane was calculated based on the membrane deflection due to applied pressure. Membrane deflection was measured using the perfect focus system on a TI-Eclipse microscope (Nikon). First, the pump for basal flow channel was set to 80 mbar to perfuse phosphate buffered saline through the basal channel. Next, the initial focal distance of the center of the membrane was recorded. Then, the pressure for the apical flow channel pump was increased from 0 to 315 mbar in 15 mbar increments. The focal distance at each applied pressure was recorded and membrane deflection was calculated as the change from the initial focal distance. The surface of the area of the membrane could then be calculated by assuming a semi-ellipsoid geometry:
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Were a is the membrane deflection and b and c are the major and minor semi-axes, respectively. Based on the change of surface area, the bi-axial surface expansion (εSA) can be calculated (Guenat and Berthiaume, 2018):
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Were SA0s the initial surface area of the membrane when no pressure is applied and SAfs the surface area of the membrane calculated based on the membrane deflection.



TEER Measurement

Integrity of the cellular layers was assessed by transendothelial/transepithelial electrical resistance (TEER) during static culture on transwells. Resistance measurements were obtained using an epithelial volt/ohm meter (EVOM2, World Precision Instruments) equipped with handheld chopstick electrodes (STX2, World Precision Instruments). To avoid variability in measurements, test samples were brought to room temperature and electrodes were held in place using a universal probe stand. TEER values were obtained using the Ohm’s Law Method (Srinivasan et al., 2015). Briefly, the resistance of the cellular layer (Rcells) first calculated:
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Were Rmeas is the resistance measurement of the sample, and Rblank is the resistance measurement of a transwell membrane without cells. Then the TEER value was calculated by:
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Were Marea is 0.336 cm2, the area of the transwell membrane.



Culture of Alveolar-Capillary Interface

Human alveolar epithelial cells (AECs; ATCC) were propagated according to the manufacturer’s instructions in ATCC Modified RPMI1640 (Thermo Fisher). Human lung microvascular endothelial cells (LMECs, Lonza) were cultured in EGM2 with the manufacturer’s supplements.

Recapitulation of the alveolar-capillary interface was achieved by generating an air-liquid interface (ALI) co-culture of AECs and LMECs using methods previously described, with minor modifications (Huh et al., 2010, 2013). Briefly, transwell inserts with 0.4 μm pores (Greiner Bio-One), were coated with fibronectin (Sigma), diluted to 5 μg/mL. LMECs and AECs were seeded on inserts as described for GFB co-culture. On day 3 of the co-culture, the media for the AECs was supplemented with 1 μM dexamethasone. Once cells were confluent, after about 7 days, ALI was induced and the media in the lower compartment was changed to a 50/50 mix of EGM2 and ATCC Modified RPMI supplemented with 1 μM dexamethasone.



Glomerular Filtration Barrier Co-culture

Conditionally immortalized human podocytes (CiPodos) were cultured as previously described, with minor modifications (Saleem et al., 2002). Briefly, CiPodos were propagated on collagen-coated flasks in permissive conditions (33°C, 5% CO2) in RPMI1640 media supplemented with penicillin, streptomycin, insulin, transferrin, selenium, and 10% fetal bovine serum.

Primary human glomerular microvascular endothelial cells (GMECs; Cell Systems) were culture per the manufacturer in complete endothelial cell growth media 2 (PromoCell). Briefly, GMECs were propagated on T75 flasks coated with Attachment Factor (Cell Systems) with media replaced every other day.

Recapitulation of the glomerular filtration barrier (GFB) was achieved by co-culturing CiPodos and GMECs on opposite sides of transwell insert with 3 μm pores (Greiner Bio-One). First, inserts were coated with collagen type I from rat tail (Corning) diluted to 0.1 mg/mL. Then, inserts were inverted and GMECs were seeded on the underside of the insert at a density of 50,000 cells per insert. The inverted inserts were then incubated for approximately 2 h to allow for GMECs to adhere. Finally, the inserts were placed in a 24-well culture plate and CiPodos were seeded in the upper compartment at a density of 50,000 cells per insert. Cells were fed with their respective media every other day.



Immunocytochemistry

Immunoctyochemistry was performed by placing membranes removed from the MPS into a series of 1.5 mL Eppendorf tubes. Cells were first fixed in 4% paraformaldehyde and permeabilized in 0.3% Triton-X. Cells were incubated with primary antibodies, diluted 1:400, for 1 h followed by 3 sequential washes in PBS. Cells were incubated with secondary antibodies, diluted 1:500, for 1 h. Nuclei were stained with either ProLong Diamond Antifade Mountant with DAPI (Invtriogen) or Hoescht (1:2000; Life Technologies). Images were acquired on either a Ti Eclipse widefield microscope (Nikon) or a Zeiss LSM confocal microscope. Image analysis was performed using ImageJ Fiji (Schindelin et al., 2012).



Filtration Assay

For the filtration assay, membranes were cut from their supports after 7 days of culture at 37°C and bonded into a microfluidic device. Two microfluidic pressure pumps (Fluigent, Flow-EZ) were used to drive flow and generate a physiomimetic pressure gradient for 1 h. A pressure of 80 mbar (approximately 60 mmHg) was applied to the basal flow channel and 20 mbar (approximately 15 mmHg) was applied to apical flow channel to perfuse PBS through the system. The basal flow channel was supplemented with 100 μg/mL FITC-conjugated inulin (Sigma-Aldrich, F3272) and/or 2 mg/mL bovine serum albumin (Sigma-Aldrich, A2153). The concentration of albumin was measured in the outflow from each channel based on the absorbance at 280 nm using a NanoDrop UV-Vis Spectrophotometer (Thermo Fisher Scientific). The fluorescence intensity of inulin in the outflow from each channel was measured using a multimode microplate reader (Beckman-Coulter, DTX 880). The amount of albumin or inulin filtered from the basal channel to the apical channel was calculated using the equation for renal clearance (Musah et al., 2017):
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Were [A] = concentration in apical outlet, AV = apical volume collected, and [B] = concentration in basal outlet. Filtration of albumin and inulin was normalized to the filtration observed on a blank membrane without cells according to the following equation:
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Sphingolipid Exposure

The ability of podocyte cultures to filter albumin and inulin was assessed after a 1-hour exposure to sphingosine-1-phosphate (S1P), which has previously been shown to cause proteinuria (Schümann et al., 2015). As a control, podocyte cultures not exposed to S1P were also assessed for filtration function. To expose podocytes to S1P, culture media was replaced with RMPI media supplemented with 5 μM S1P 1 h prior to cutting membranes from the supports for bonding into the MPS for filtration assay.



RESULTS


Development of Modular, PDMS-Free MPS

The design of the fluidic chip used in our modular platform, which is analogous to many PDMS-based organs-on-chips, was developed to house an epithelial/endothelial cellular co-culture (Figure 1A). Using a three-dimensional (3D) computer-aided design (CAD), a model of the chip was developed to scale to ensure the top and bottom pieces of the chip were compatible and that a porous membrane support would fit in to the culture well (Figure 1B). Unlike additive fabrication methods, such as 3D printing and soft lithography, the SRP approach makes fabrication of closed channels in the z-direction difficult. With PDMS-based organs-on-chips, irreversibly bonding two pieces of PDMS is a common solution to create closed fluidic channels. However, this reduces the modularity of the device. SRP, on the other hand allows for fast, low cost fabrication of microfluidic devices from commonly used plastics that can be are resealable. To maintain resealable form-factor of the chip design, the basal flow channel was closed by adhering a fluoropolymer membrane to the underside of the bottom piece. This membrane not only provides a thin, clear window for optical access, but also enables gas permeability in the culture well of the chip.
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FIGURE 1. Design and assembly of the modular MPS: (A) 3D render of fluidic channel geometry implemented in microfluidic chip (Inset) Schematic representation of internal culture well with independent apical and basal channels and a co-culture of endothelial and epithelial cells supported by a porous membrane. (B) Exploded view of the microfluidic chip comprised of a top and bottom piece, gaskets, porous support membrane, and an oxygen-permeable plastic film. The arrows indicate how the components are bonded into the chip. (C) Schematic representation of the MPS comprised of two pressure pumps controlled by a computer, media reservoirs, and the microfluidic chip. (D) Fully assembled and running MPS. (Insets) Top and bottom view showing leak-free perfusion of dyed water through the microfluidic chip.


To recapitulate the dynamic stimuli that occur in vivo, the organ-on-chip platform were modular pneumatic microfluidic pumps implemented to drive flow. Using the microfluidic automation tool software, the pumps can generate physiomimetic waveforms that drive independent perfusion of the apical and basal flow channels (Figure 1C). To validate the design of the modular organ-on-chip platform, the fluidic chip was tested for leaks. Using a commercially available chip holder, the fluidic chip could be sealed and easily connected to the media reservoirs. Both the apical and basal flow channels were observed to operate without leaks (Figure 1D).



Recapitulating the Alveolar ALI Microenvironment

To demonstrate the ability to model in vivo microenvironments, we first sought to recapitulate the ALI found at the alveolar-capillary barrier in the lungs. A key feature of the alveolar microenvironment is the cyclic stretching of the alveolar capsule during inspiration (Figure 2A). Therefore, we aimed to apply mechanical force to stretch the membrane through the apical flow channel of the MPS. By perfusing the basal flow channel with phosphate buffered saline (PBS) and applying air pressure through the apical pneumatic pump, deflection of the porous membrane was observed, and that the degree of deflection was proportional to the pressure applied. From the measured membrane deflection, bi-axial strain could be calculated by assuming a semi-ellipsoid shape of the deformed membrane (Figure 2B). The maximum bi-axial strain applied to the membrane without cells was just 4%, slightly lower than 4–12% linear strain thought to occur in vivo at the alveolar ALI (Guenat and Berthiaume, 2018). To model the cyclic breathing cycle, a sine wave with an amplitude of 345 mbar and a frequency of 0.33 Hz, corresponding to 20 breaths per minute, was generated in the apical flow channel while the basal flow channel pressure remained constant. The rapid switching of pressure resulted in a pressure profile resembling a human breathing profile more than a sine wave (Figure 2C).
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FIGURE 2. Recapitulating alveolar microenvironment: (A) Cartoon of alveolar expansion during inspiration. Created with BioRender.com. (B) Calculated bi-axial strain in response to applied pressure in the microfluidic chip. (C) Application of a cyclic pressure in the apical channel using a sine wave to mimic breathing at approximately 20 breaths per minute. A constant pressure was applied to the basal channel to drive the flow of PBS. (D) Workflow for development of ALI co-culture. Endothelial cells (LMECs) were first seeded on the basal surface of a transwell culture insert, followed alveolar epithelial cells (AECs). Dexamethasone was added to the apical chamber on Day 3 to enhance the epithelial cell barrier. On Day 7, the ALI was induced by removing media from the apical chamber. On Day 10, the membrane was cut from the transwell support and bonded into the microfluidic chip and exposed to dynamic strain. (E) TEER measurements during liquid-liquid co-culture in the transwell with (Dex +) and without (Dex-) dexamethasone. Statistical analysis by unpaired t-test (N = 3). (F) 3D visualization of fluorescent z-stack after culture for 24 h under cyclic pressure exposure in the MPS. Cytokeratin (green) staining shows the alveolar endothelial cells on the apical side of the membrane, while PECAM1 (red) staining indicates the lung microvascular endothelial cells on the basal side.


Next, an ALI co-culture of lung endothelial and epithelial cells was incorporated in the MPS. Recapitulation of the alveolar-capillary interface was achieved by generating an air-liquid interface (ALI) co-culture of AECs and LMECs using methods previously described, with minor modifications (Figure 2D; Huh et al., 2010, 2013). TEER measurements were recorded during the transwell liquid-liquid co-culture (Day 0 to Day 7). Following the addition of dexamethasone on Day 3, a significantly higher TEER value was observed (Figure 2E). This is a result of increased mucus production, due to the role of dexamethasone in mucin production (Lu et al., 2005). On Day 10, ALI co-cultures were transferred into the MPS. Physiomimetic culture conditions were generated by the cyclic application of air pressure to the apical channel. Immunocytochemistry revealed that both endothelial cells, indicated by PECAM1, and epithelial cells, indicated by cytokeratin, were maintained within the MPS under physiomimetic culture conditions (Figure 2F).



Characterization Flow Profile and Ultrafiltration

An advantage the modular MPS design, is the ability to model multiple without significantly altering the device. As a result, we sought to also model a liquid-liquid barrier. First, we determined the fluid shear stress at the apical and basal boundaries of the membrane separating the two fluidic channels. This achieved by characterizing the flow rate as a function of the applied pressure. As expected, based on the electronic-hydraulic analogy, a linear relation between flow rate and applied pressure was observed (Figure 3A). This can be attributed to the constant fluidic resistance of the channels and the constant applied pressure. In vivo, vascular flow is often much faster than interstitial flow. This exposes endothelial cells to high shear stress flow, while epithelial cells experience much less shear stress. Due to the larger channel geometry, the flow rate in the apical channel was slightly higher than the flow rate in the basal channel. However, the fluid velocity and the resulting shear stress at the surface of the membrane, was about an order of magnitude larger in the basal channel than the wall shear stress calculated in the basal channel (Figure 3B). Therefore, the MPS design can model the fluid dynamics observed in vivo.
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FIGURE 3. Characterization of Fluid Dynamics in MPS: (A) Cartoon of how glomerular anatomy was modeled within the MPS. Created with BioRender.com. (B) Calculated wall fluid shear stress at the center of the culture well in apical and basal channels. Here, the differences in geometry results in an order of magnitude difference in shear stress. (C) 3D computational fluid dynamics simulation in microfluidic chip. The top image is the mesh implemented for finite element analysis. The bottom image is the 3D volume view of steady state pressure field in MPS at 100 μL/min inlet flow rate in the apical and basal channels. (D) Fluid flow rate through the membrane separating the apical and basal flow channels determine experimentally and computationally using COMSOL.


Based on these results, it was hypothesized that a pressure gradient would develop across the membrane between the two fluidic channels. A 3D computational model of the velocity and pressure fields within the microfluidic device at 100 μL/min, implemented in COMSOL, confirmed this (Figure 3C). The stationary solver calculated the velocity and pressure fields in 129 s using a normal physics-controlled mesh consisting of 262874 elements. The increased hydrostatic pressure in the basal channel suggests that ultrafiltration should occur within the device. By computing the surface integral of the velocity profile at the membrane surface, a flow rate of 2.21 μL/min was observed in the computational model. This result was confirmed experimentally by comparing the volume change in the apical and basal reservoirs after continuous perfusion overnight. In this setup, a peristaltic pump was implemented to recirculate fluid, ensure a constant flow rate, and mimic steady state conditions (Figure 3D).



Functional Modeling of the Glomerular Filtration Barrier

To validate that the microfluidic device can recapitulate a functional biologic barrier, a model of the GFB was developed and assessed for albumin filtration. The filtration unit of the kidney, the nephron, begins in the highly selective glomerulus. The GFB is comprised of fenestrated glomerular endothelium and the glomerular epithelial cells, podocytes, separated by the unique glomerular basement membrane (Figure 4A). A co-culture of CiPodos and GMECs was established using a permeable membrane cell culture insert (Figure 4B). CiPodos were first seeded on the apical side of the membrane and cultured for 48 h under permissive conditions (33°C, 5% CO2). GMECs were then seeded on the basal side of the membrane and the co-culture were shifted to standard culture conditions (37°C, 5% CO2).
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FIGURE 4. Modeling glomerular filtration barrier; (A) Cartoon of how glomerular anatomy was modeled within the MPS (B) Schematic representation of the workflow for the development of the co-culture model of the GFB. (C) TEER measurements of podocytes only (Green), endothelial cells only (Red), and co-culture (black) during static culture on a transwell insert over the course of 5 days. Data presented as mean ± standard deviation. Statistical analysis by unpaired t-test (N = 3; * indicates Co-Culture vs. CiPodos; # indicates GMECs vs. CiPodos). *p < 0.05, #p < 0.05. (D) Urinary filtration of albumin in 1 h on the microfluidic device. The significant decrease in the urinary filtration of albumin between the co-culture, despite similar TEER values, indicates a functional barrier as opposed to a physical barrier. Statistical analysis by one-way ANOVA with Tukey’s multiple comparisons (N = 5; * indicates Co-Culture vs. CiPodos; # indicates GMECs vs. CiPodos). ***p < 0.0001, ###p < 0.0001. (E) Tight junctions observed in endothelial cells following culture on the MPS (F) Presence of nephrin in CiPodos after culture in the MPS.


During the static culture in standard conditions, the integrity of the cellular layers was monitored through TEER measurements. TEER measures the electrical resistance across cellular layers to confirm barrier integrity of prior to evaluation of permeability to specific molecules (Srinivasan et al., 2015). Generally, TEER measurement provides a way to approximate cell coverage of the membrane. Under standard culture conditions, the CiPodos terminally differentiate and stop proliferating. As a result, only a slight increase in TEER is observed when podocytes are cultured alone (Figure 4C). On the other hand, GMECs will continue to proliferate when cultured at 37°C, resulting in a more confluent cellular barrier (Figure 4C). Therefore, a larger increase in TEER is observed over the course of the culture. As expected, a large increase in TEER was also observed in the co-culture of CiPodos and GMECs. Further, the final TEER measurement of the co-culture was just slightly higher than the TEER measurement of GMECs alone.

To assess the ability of the co-culture model to recapitulate the physiological function of the GFB, an albumin filtration assay was performed. Physiomimetic pressure driven flow was applied to perfusion PBS through the device for 1 h. Based on the results of the flow characterization, we were able to recreate the hydrostatic pressure of the glomerular microenvironment by applying 80 mbar (approximately 60 mmHg) to the basal flow channel and 20 mbar (approximately 15 mmHg) to apical flow channel. The basal flow channel was supplemented with bovine serum albumin (2 mg/mL) to mimic the oncotic pressure gradient. Compared to a blank membrane (i.e., no cells), all three cell models significantly reduced the urinary filtration of albumin (Figure 4D). Interestingly, the urinary filtration of albumin was also significantly less in the co-culture model compared to GMECs only, despite similar TEER measurements. These results highlight the importance of the cross-communication between endothelial cells and podocytes, which has been shown to be crucial in the regulation of the GFB (Dimke et al., 2015). Immunocytochemistry revealed that the functional proteins were present in the cells on both the basal and apical sides of the membrane. In the endothelial cells, ZO-1 staining indicated the tight junctions (Figure 4E). Nephrin, a protein required for proper GFB function, was observed in the CiPodos on the apical side of the membrane (Figure 4F).



Sphingolipid Exposure Alters Albumin Filtration

Sphingolipids have been shown to be important second messengers in cellular processes such has growth and apoptosis (Olivera and Spiegel, 1993; Kaipia et al., 1996). S1P, which is generated by phosphorylation of sphingosine, has been indicated to play a role in many diseases, including diabetic kidney disease (Maceyka et al., 2012; Merscher and Fornoni, 2014). Podocytes play a significant role in the filtration of albumin at the GFB (Brinkkoetter et al., 2013). Dysfunction of podocytes can lead to albuminuria, which is a hallmark of kidney disease. In addition, deficiency of sphingosine 1 phosphate lyase in mice (Schümann et al., 2015) and humans (Lovric et al., 2017) has been associated to the development of podocyte injury and albuminuria. To elucidate the effect of S1P podocytes’ ability to maintain a functional filtration barrier, cells were exposure to 5 μM S1P for 1 h and then assessed for filtration function. A significant increase the urinary filtration of albumin was observed after just 1 h of exposure to 5 μM S1P (Figure 5). Urinary filtration of inulin, which is freely filtered at the GFB, was not significantly altered due to exposure to S1P. The observed change in albumin filtration after exposure to S1P suggests that exposure to this specific active sphingolipid may be sufficient to cause podocyte dysfunction, resulting in albuminuria.
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FIGURE 5. Effect of S1P on Podocyte Filtration: Urinary filtration of albumin was increased as a result of exposure to S1P. Urinary filtration of inulin, which is freely filtered at the GFB, was not significantly altered. Statistical analysis by unpaired t-test (N = 3, *p < 0.05).




DISCUSSION AND CONCLUSION

For many organs, such as the lung and kidney, the functional unit is a biologic barrier. As a result, modeling of barrier function has been the primary focus of many organ-on-chip devices. The overall design of the microfluidic device is analogous to many biologic barriers and organ-on-chip devices. One the earliest organs-on-chips, a lung-on-chip, was developed using PDMS (Huh et al., 2010). However, PDMS absorption of small molecules is problematic for drug discovery assays (van Meer et al., 2017). Two independent flow channels are separated by a porous membrane that can support the culture of an endothelial and epithelial cell layer. The fabrication of stacked channels is relatively straightforward when using additive manufacturing techniques, such as soft lithography or 3D printing. Through these methods, devices can be assembled in layers either through bonding or material deposition. However, SRP, like all fabrication methods, offers benefits and challenges for the fabrication of microfluidic devices. Since material must be removed, it can be difficult to achieve closed channels at different heights within the device. This challenge has been overcome through the resealable form-factor implemented in the device design and the incorporation of an oxygen-permeable membrane to seal the basal channel. Although, a silicone-based adhesive is utilized in this design, it is not in direct contact with fluid which significantly reduces the potential for absorption or leaching. Further, SRP via micromilling presents advantages in terms of start-up cost, time, and versatility (Guckenberger et al., 2015). Specifically, the acrylic MPS described in this work can be completely fabricated relatively quickly (approximately 6 h) compared to similar PDMS microfluidic chips (approximately 40 h) (Huh et al., 2013). To achieve the same precision and optical using 3D printing would require more expensive and specialized equipment and materials. Here, we demonstrate that these advantages of SRP can be utilized to fabricate a highly functional MPS.

Independent perfusion of the two-channels was achieved using two microfluidic pressure pumps. Pressure-driven flow control provides many advantages over other methods, including stable, pulseless flow, fast response time, and precise flow rate control. Further, the use of pressurized air facilitated the implementation of cyclic air flow to stretch the porous membrane and mimic the human breathing cycle. We demonstrated the ability to create an air-liquid interface co-culture model that can be incorporated into the microfluidic device. Pressure-driven flow also facilitated the generation of hydrostatic pressure gradients, like those that are found at the glomerular filtration barrier. Together, the versatility of the platform enables recapitulation of multiple in vivo microenvironments.

The final proof-of-concept experiment for the microfluidic device design was to model the filtration function of the glomerulus. This was achieved by culturing the glomerular endothelial and epithelial cells on a porous membrane which could be transferred into the MPS. We also demonstrated that the ability of podocytes to effectively filter albumin can be directly modulated by exposure to sphingolipids. A significant limitation of traditional static culture systems is the inability to recapitulate organ-level function. The microfluidic device to model biologic barriers enables filtration assays to functionally assess podocytes. Despite the model being limited to just podocytes in the present study, a significant increase was observed in urinary filtration of albumin after exposure to S1P, thus setting the basis for the development of an assay to be utilized for clinically relevant drug discovery in proteinuric kidney diseases. Future studies will focus on recapitulating a more complete GFB by incorporating endothelial cells and a basement membrane. Albumin is one of the most abundant proteins in human blood and the loss of albumin via the urine is a key clinical marker for glomerular diseases. We demonstrate that under physiologically relevant pressures, the co-culture of GMECs and CiPodos can effectively prevent urinary filtration of albumin. In the present model, however, urinary filtration of albumin was not minimized to levels that would be translatable to a clinical setting. This may be attributed to the cell source or the lack of a basement membrane components. The GFB is a complex, highly selective filter and future work will be necessary to improve upon the biologic components.

In conclusion, we report the design and fabrication of a PDMS-free microfluidic device that can recapitulate many of the dynamic stimuli originally described for organs-on-chips. We implemented a resealable form-factor to incorporate a porous1membrane that can support the culture of an endothelial and epithelial cell layer and an oxygen-permeable membrane to seal the basal channel. The versatility of the design was demonstrated by constructing an alveolar air-liquid interface with cyclic stretching to mimic lung breathing and by modeling selective filtration by the kidney at the GFB with a physiomimetic pressure gradient. We establish the utility of the modular MPS design by recapitulating sphingolipid injury to the GFB. Together, our results demonstrate that a multifunctional and modular microphysiological system can be deployed without the use of PDMS. Further, the bio-inert plastic used in our microfluidic device is amenable to various established, high-throughput manufacturing techniques, such as injection molding, to meet the increasing demand for organ-on-chip technology.
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Anti-tumor drugs can effectively shrink the lesions of primary lung cancer; however, it has limited therapeutic effect on patients with brain metastasis (BM). A BM preclinical model based on a multi-organ microfluidic chip has been established proficiently in our previous work. In this study, the BM subpopulation (PC9-Br) derived from the parental PC9 cell line was isolated from the chip model and found to develop obvious resistance to antineoplastic drugs including chemotherapeutic agents (cisplatin, carboplatin, pemetrexed) and tyrosine kinase inhibitors (TKIs) which target epidermal growth factor receptor (EGFR); this suggested that the acquisition of drug-resistance by brain metastatic cells was attributable to the intrinsic changes in PC9-Br. Hence, we performed proteomic and revealed a greatly altered spectrum of BM protein expression compared with primary lung cancer cells. We identified the hyperactive glutathione (GSH) metabolism pathway with the overexpression of various GSH metabolism-related enzymes (GPX4, RRM2, GCLC, GPX1, GSTM4, GSTM1). Aldehyde dehydrogenases (ALDH1A1, ALDH3A1) were also found to be upregulated in BM. What's more, loss of EGFR and phosphorylated EGFR in PC9-Br gave reasons for the TKIs resistance. Collectively, our findings indicated potential mechanisms for the acquirement of drug resistance occurred in BM, providing new strategies to overcome therapeutic resistance in lung cancer BM.

Keywords: lung cancer, brain metastasis, microfluidic organ-on-a-chip, drug resistance, proteomic


INTRODUCTION

Lung cancer has been the most common cause of cancer death worldwide with high morbidity and mortality (Siegel et al., 2019). Non-small cell lung cancer (NSCLC), as the most common pathological type of lung cancer with the proportion of 85%, is characterized by a high incidence of distant metastasis within which brain metastasis (BM) accounts for 40% (Steeg et al., 2011; Ali et al., 2013). The prognosis of BM patients is extremely poor with a median survival time of only 4–6 months due to limited treatment alternations (Cheng and Perez-Soler, 2018). Currently available therapeutic approaches for BM include a combination of surgery, radiotherapy, chemotherapy, molecular targeted therapy, or anti-angiogenesis therapy, as applicable; however, the therapeutic efficacy is particularly poor (Shi et al., 2017).

Drug treatments which mainly based on chemotherapy is an indispensable treatment for BM patients since there are very limited therapeutic indications for surgery and radiation therapy (Yousefi et al., 2017; Achrol et al., 2019), however, the drug response rate in BM populations is extremely low (Sandler et al., 2000; Schiller et al., 2002; Barlesi et al., 2011; Bailon et al., 2012). It is believed that there are two main factors which contribute to the poor efficacy of drug therapy against BM: the presence of blood-brain barrier (BBB) and tumor-intrinsic changes induced by metastasis events. BBB provides a sanctuary site for tumor to escape drug treatment as the barrier can significantly prevent the penetration of anti-tumor drugs into both tumor and brain tissues. However, recent studies have proposed that the disruption of BBB during BM enables the invasion and colonization of tumor cells in brain parenchyma (Li et al., 2012; Liu et al., 2019), suggesting that the barrier which hinder the entry of drugs was impaired during BM. This holds the point that endogenous alteration of metastatic cells may play a vital role in the acquisition of drug resistance. However, it remains unknown to a large extent.

Traditional research models of tumor brain metastasis were established by injecting tumor cells into the left cardiac ventricle of athymic nude mice. Brain metastasis cells (BrMs) derived from parental tumor cells were subsequently isolated from extracted brain metastases (Bos et al., 2009; Liu et al., 2019; Shah et al., 2020). Although BrMs were proved to possess enriched BM properties, the cells did not undergo the whole BM pathological process since the progression of tumor cells in situ was skipped. It has to be admitted that intracardiac injection is a better choice to initiate BM efficiently than orthotopic injection. Under the condition of orthotopic injection, animals often die before brain metastasis occurs since they cannot bear the tumor load in situ. Hence, there is an urgent need for a reliable and efficient model which can faithfully mimic the entire BM process. Recently, microfluidic organ-on-a-chips have been developed and applied as powerful tools for medical research, enabling the creation of more in vivo-like in vitro models with high throughput (Ashammakhi et al., 2020; Ding et al., 2020; Moradi et al., 2020; Steinway et al., 2020). In our previous work, a multi-organ microfluidic chip, which consists of two organ chip units–an upstream “lung” and a downstream “brain” unit, was established and proved to be able to effectively reproduce the whole pathological process of lung cancer BM, providing a novel model for BM research (Liu et al., 2019).

In this study, we isolated the brain metastatic cells (PC9-Br) from the metastases on the BM chip and found that PC9-Br developed a significant resistance to multiple anti-tumor drugs compared with its parental PC9 cells. Further proteomic was carried out to reveal possible reasons for the acquirement of drug resistance in the BM, followed by the selection of differentially expressed proteins by western blotting validation. We found the glutathione (GSH) metabolism pathway, which plays an important role in intracellular antioxidant stress response, was remarkably hyperactive in BM, along with the overexpression of a series of GSH metabolism-related enzyme (GPX4, RRM2, GCLC, GPX1, GSTM4, GSTM1). Aldehyde dehydrogenases (ALDH1A1, ALDH3A1), which have been reported to mediate the acquired drug resistance of tumor cells, were also found to be upregulated in BM. What's more, reduced expression of epidermal growth factor receptor (EGFR) and phosphorylated EGFR gave a reasonable explanation for the EGFR targeted drugs resistance of PC9-Br compared with PC-9 parental cells.



MATERIALS AND METHODS


Cell Culture and Drugs

The human lung cancer cell line PC9 was used as the primary lung cancer model and parental cells of BM derivative (PC9-Br) on the chip. To establish the bionic microenvironment for primary lung cancers and secondary BM of lung cancers, human bronchial epithelial cells (16HBE), human pulmonary microvascular endothelial cells (hPMEC), human lung fibroblasts (HFL1), and human mononuclear cells (THP-1) were co-cultured in the upstream “lung” unit while human astrocytes (HA-1800) and human brain microvascular endothelial cells (hBMVEC) were co-cultured dynamically in the downstream “brain” unit as previously reported (Xu et al., 2016; Liu et al., 2019). The purchase sources and culture conditions of all cell lines have also been- described in detail previously (Liu et al., 2019).

Cisplatin (MB1055), Carboplatin (MB1297), Paclitaxel (MB1178), Pemetrexed Disodium (MB1183), Etoposide (MB1102), Gefitinib (MB1112) and AZD3759 (MB4776) were purchased from Meilunbio (China).



Construction and Operation of the Multi-Organ Microfluidic Chip Model to Mimic the Pathological Process From Primary Lung Cancer to Brain Metastasis

It has been described in detail in our previous work (Xu et al., 2016; Liu et al., 2019). In short, after the establishment of upstream bionic “lung” and downstream bionic “brain,” human lung cancer cells PC9 which stably express green fluorescent protein (GFP)-luciferase fusion protein, were introduced into the upstream unit to form primary lung cancer model. After the growth, transition and invasion on the upper stream “lung,” primary PC9 cells invaded the circulation and were transported to the downstream “brain” along with the dynamic fluid medium. Then metastatic cells attached to and trans-migrate through BBB structure, colonized in brain parenchyma and finally formed brain metastases. The entire BM process on the chip was dynamically monitored with an Olympus IX81 fluorescence microscope (Olympus Corporation, Japan).



Extraction and Isolation of Brain Metastatic Cells of Parental Lung Cancer Cells PC9 (PC9-Br) From Chips

Dovetail clips were used to completely block the connecting passage between upstream and downstream unit. A syringe pump (Pump 11 Elite Series Pumps, USA) was connected to the injection port of brain parenchymal chamber to drive the flow of 0.25% trypsin-EDTA solution (Gibco, Invitrogen, Inc, USA) at the speed of 0.1 μl/min, while a sterile collection tube was connected to the outlet of brain parenchymal chamber to collect the mixed cell suspensions of brain metastases. After collection, complete medium was added into the tube to stop digestion. A mixed mass of various cells was obtained through centrifuge. Then the BM derivative cells (PC9-Br) of parental PC9 were isolated by GFP fluorescence sorting with a flow cytometer (FACSAriaTMII, BD, USA) and transferred to cell culture dish for routine culture. The sorting efficiency was verified with a fluorescence microscope.



Invasion Assay

Twenty-five thousand cells in 200 μl serum-free medium were seeded into matrigel-coated top chamber of 24-well Transwell inserts (#3422, Corning, USA) while the bottom chambers were filled with 500 μl complete medium. After 24 h the non-invading cells on the upper side were removed with cotton swabs and the invaded cells on the lower surface of the insert were fixed with 4% paraformaldehyde and stained with 0.5% crystal violet (KeyGEN BioTECH Corp., Ltd, China). Images were captured with a microscope (Leica, TCSSP5II). The invaded cells in five random fields of one image were counted and the invasion ability was standardized by making a ratio of PC9-Br invaded cell number to the parental PC9 invaded cell number (100%).



Trans-Endothelial Assay

Twenty thousand were seeded and cultured on the fibronectin-coated 24-well Transwell inserts (#3422, Corning, USA) for 72 h and allowed to form an integrated endothelial mono-layer. Then 25,000 cancer cells in 200 μl serum-free medium were seeded on the insert above the endothelial monolayer while 250 μl complete medium was added to the lower side. After 36 h of culture, the cells on the upper side were removed with cotton swabs and the trans-migrated cells on the lower surface of the insert were fixed with 4% paraformaldehyde and stained with crystal violet (KeyGEN BioTECH Corp., Ltd, China). Images were captured with a microscope (Leica, TCSSP5II). The trans-migrated cells in five random fields of one image were counted and trans-endothelial ability was standardized by making a ratio of PC9-Br trans-migrated cell number to the parental PC9 trans-migrated cell number (100%).



Animal Study

The animal study was reviewed and approved by the Animal Ethics Review Committee of Dalian Medical University (No.00122773). Female BALB-c-nu mice (4–6 weeks) were obtained from the Beijing Vital River Laboratory Animal Technology Co. Ltd., China.

Each mouse was anesthetized with ketamine (100 mg/kg body weight; Sigma, USA) and xylazine (10 mg/kg body weight; Sigma, USA) and then inoculated with 1,000,000 PC9 or PC9-Br cells in 100 μl PBS by intracardiac injection. The BM events in mice were recognized by bioluminescence imaging (BLI) with an IVIS Spectrum Xenogen machine (PerkinElmer, USA) as previously described (Xu et al., 2016; Liu et al., 2019). In brief, after mice were anesthetized and injected retro-orbitally with D-Luciferin (150 mg/kg body weight; Promega, USA), images were obtained and analyzed with Living Image software (version 2.50).



Cell Viability Assay

Cell Counting Kit-8 (CCK8, K1018, ApexBio, USA) was used to assess cell viability according the manufacturer's instructions. Briefly, 5,000 cells were seeded to each well of 96-well plates and allowed to adhere to the wall. Then the culture medium was removed and cells were treated with specific drugs for 72 h. CCK8 solution was added to each well and incubated for 2 h at 37°C in the dark following the instructions. Color change was measured at 450 nm with a microtiter plate reader, and the OD value was observed to be directly proportional to cell viability.



Quantitative Tandem Mass Tag (TMT)-Based Proteomics

This work was supported by the Jingjie PTM BioLab (Hangzhou, China) Co. Ltd. Main experimental procedures of TMT proteomics analysis, including protein extraction, trypsin digestion, TMT labeling, HPLC fractionation, LC-MS/MS analysis, database search and bioinformatics analysis, are presented in the Supplementary methods in detail.



Western Blot

RIPA cell lysis buffer containing a protease inhibitor cocktail (Meilunbio, China) and a phosphatase inhibitor cocktail (Sigma, USA) was used to dissolve proteins extracted from cells. The BCA assay kit (Thermo Fisher Scientific Inc., USA) was used to measure the protein concentration. Protein lysates were then separated by sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE) and transferred onto nitrocellulose membranes (Millipore, Billerica, USA). The membranes were blocked in 5% skimmed milk solution in 0.05% Tris-buffered saline/Tween-20 (TBST) and then incubated with primary antibodies against GPX4 (1:1,000 dilution; ab125066, Abcam, UK), RRM2 (1:1,000 dilution; ab57653, Abcam, UK), GCLC (1:1,000 dilution; ab190685, Abcam, UK), GPX1 (1:1,000 dilution; ab108427, Abcam, UK), GSTM4 (1:1,000 dilution; ab233281, Abcam, UK), GSTM1 (1:1,000 dilution; ab113432, Abcam, UK), ALDH3A1 (1:1,000 dilution; ab129022, Abcam, UK), ALDH1A1 (1:1,000 dilution; ab52492, Abcam, UK), EGFR (1:1,000 dilution; SB52894, Abcam, UK), p-EGFR (1:1,000 dilution; ab32430, Abcam, UK), phospho-NF-κB p65 (Ser536,1:1000 dilution; #3033, Cell signaling technology, USA) and NF-κB p65 (1:1000 dilution; #8242, Cell signaling technology, USA). After washing with 0.05% TBST, the corresponding secondary antibodies conjugated with horseradish peroxidase (1:5,000; Proteintech, China) were further used. The ECL western blotting substrate (Tanon, China) was used to analyze the chemiluminescence of the blots. Protein expression was quantified by Image J software (National Institutes of Health, USA). The tests were performed with triplicated samples to diminish variability.



Statistical Analysis

Statistical analysis was performed using GraphPad Prism software 5.0 and SPSS 16.0 statistical software package. Quantitative data are presented as mean (± standard deviation) values from at least 3 independent experiments. Differences between two groups were assessed using the t-test.




RESULTS AND DISCUSSION


The Brain Metastatic Derivative Isolated From BM Chip Possessed Enriched BM Activities Compared to Parental Cells in vitro and in vivo

The whole pathological process of BM was simulated on the established multi-organ microfluidic chip by introducing the parental lung cancer cells PC9 into the upstream bionic lung unit as previously reported (Liu et al., 2019), as illustrated in Figure 1A. The brain metastases formed in the downstream bionic brain unit were harvest and the brain metastatic populations (PC9-Br) were isolated by GFP fluorescence sorting. The sorting efficiency was assessed with cell co-imaging under the bright field and fluorescence (Figure 1B), ensuring that the isolated cells were GFP-expressed tumor cells rather than non-fluorescent mesenchymal cells. Then the BM activities of PC9-Br cells and corresponding parental cells were evaluated in vitro and in vivo. Figures 1C,D showed that PC9-Br cells exhibited stronger invasion and trans-endothelial abilities than PC9 cells. For in vivo experiments (Figure 1E, Supplementary Figure 1), the PC9-Br cells formed BM in 43.8% of mice with a 5–6 weeks tumor formation cycle, while the parental PC9 cells exhibited a BM efficiency of 20.0% with a 6–7 weeks tumor formation cycle. Taken together, the brain metastatic derivative isolated from BM chip possessed enriched BM activities compared to parental cells in vitro and in vivo. The results also displayed the great potential of organ-on-a-chips in constructing complicated disease models and exploring pathological mechanisms.


[image: Figure 1]
FIGURE 1. The brain metastatic derivative isolated from BM chip possessed enriched BM activities compared to parental cells in vitro and in vivo. (A) Schematic illustration of the construction and operation of BM process on the multi-organ microfluidic chip as previously described (Liu et al., 2019). (B) Representative co-images of PC9 and PC9-Br cells under the bright field and fluorescence. Scar bar, 200 μm. (C,D) Representative images showing the invasion and trans-endothelial migration of the PC9 and PC9-Br cells on the Transwell (scale bar, 200 μm). n = 3, **p < 0.01. (E) Frequency and time circle of BM after inoculation of PC9 or PC9-Br cells in nude mice.




The Acquirement of Obvious Resistance to Multiple Anti-tumor Drugs Was Found in PC9-Br Cells

Current drug treatments for patients with lung cancer BM mainly include chemotherapy and targeted drug therapy. Platinum compounds (cisplatin and carboplatin) and pemetrexed, alone or in combination (etoposide, paclitaxel, and radiotherapy) are the most commonly used chemotherapy regimens against BMs from NSCLC (Mehta et al., 2010; Barlesi et al., 2011; Bailon et al., 2012; Shi et al., 2017; Yousefi et al., 2017; Franchino et al., 2018). Since about 33% of patients with non-small cell lung cancer (NSCLC) and EGFR mutations develop BMs, different generations of tyrosine kinase inhibitors (TKIs) were commonly used to target BMs (Burel-Vandenbos et al., 2013; Sekine and Satoh, 2017; Zhuang et al., 2019). Gefitinib is the most typical first-generation TKI and AZD3759 is characterized by its strong ability to effectively penetrate the BBB (Tan et al., 2017; Hochmair, 2018). Historically, the limited use of anti-tumor drugs in cancer patients owing to the presence of the BBB. However, recent studies have proved that the BBB was disrupted in BMs which results in an increased exposure to systemic drugs, suggesting the sensitivity of tumor cells to drugs is the main determinant of therapeutic efficacy. Hence, we explored whether there were differences in drug sensitivity between PC9-Br and PC9 by treating these two groups of cells with the above agents. Results of cell viability assay indicated that PC9-Br developed obvious resistance to platinum compound (both to cisplatin and carboplatin, Figures 2A,B), pemetrexed (Figure 2C) and TKIs (both to gefitinib and AZD3759, Figures 2F,G) compared with the parental PC9 group. However, there was no significant difference in the response to paclitaxel and etoposide (Figures 2D,E). Similar changes of drug sensitivity were found in animal model derived BM cells PC9-BrM3 (Supplementary Figures 2A–E), a highly brain metastasis cell line by injecting parental tumor cells PC9 into the left-ventricle of immunodeficient mice and isolating the metastatic cells from harvested brain metastases three times repeatedly in our previous work (Liu et al., 2019). Collectively, these results indicated BM cells acquired obvious resistance to multiple anti-tumor drugs. In addition, these findings strongly suggested that endogenous factors of BM cells were the culprit of the poor drug efficacy.
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FIGURE 2. The acquirement of obvious resistance to multiple anti-tumor drugs was found in PC9-Br cells. PC9 and PC9-Br cells were treated with different doses of cisplatin (A), carboplatin (B), pemetrexed (C), paclitaxel (D), etoposide (E), gefitinib (F), and AZD3759 (G) for 72 h and CCK-8 assays were performed to determine their viability. n = 3, **p < 0.01.




Proteomics Identified the Hyperactive GSH Metabolism Pathway in PC9-Br Cells

Proteomics has become a powerful and promising complementary technology to provide insights into diseases at a more phenomenological level (Altelaar et al., 2013). We employed proteomics to find the potential cellular endogenous factors resulting in the acquired drug resistance of PC9-Br compared to parental PC9 cells. Figure 3A showed the good reproducibility of proteomics data. Differential proteins with different ratio folds were identified. To find the potential correlation of protein functions with differential ratio folds, we divided them into 4 parts according to their ratio folds, called Q1 to Q4: Q1 (0 < Ratio ≤ 1/1.3), Q2 (1/1.3 < Ratio ≤ 1/1.2), Q3 (1.2 < Ratio ≤ 1.3) and Q4 (Ratio >1.3). Then we performed KEGG pathway enrichment for each Q group and the results showed a number of pathways were enriched in Q4 protein group with higher ratio folds (Figure 3C). Further analysis was carried out on Q4 group while 200 upregulated proteins and 203 downregulated proteins were identified (Figure 3B). The specific enrichment results of KEGG pathways in Q4 were visualized by the number of proteins involved respectively and their corresponding p-values (Figure 3D). The cell cycle, DNA replication regulation and glutathione (GSH) metabolism pathway were identified to be enriched significantly in PC9-Br cells, giving potential explanations for the enhanced BM abilities, as well as the acquirement of multi-drugs resistance of PC9-Br cells. Hyperactive cell cycle and DNA replication regulations has been well-recognized as one of major malignant behaviors in tumors (Hanahan and Weinberg, 2011), contributing greatly to the proliferation of tumor cells, while GSH metabolism has been demonstrated as the main factor which cause multi-drug resistance, giving a more specific explanation for the drug resistance occurred in PC9-Br cells. GSH, as the most abundant antioxidant found in living organisms, plays a vital role in maintaining cellular redox homeostasis. Increasing evidence has shown that abnormal GSH metabolism is the main factor causes drug resistance by binding or reacting with drugs, interacting with reactive oxidative species (ROS), preventing protein or DNA damage, or participating in DNA repair process (Traverso et al., 2013; Bansal and Simon, 2018). Hence, we listed the differential proteins involved in GSH metabolism pathway (Figure 3E). The results showed that a series of enzymes related to GSH metabolism were significantly overexpressed, indicating that GSH metabolism is hyperactive in PC9-Br cells, which provided reasonable clues for exploring drug resistance developed in BM.
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FIGURE 3. Proteomics identified the hyperactive GSH metabolism pathway in PC9-Br cells. (A) Correlation analysis for reproducibility of proteomics data. (B) Volcano plot showed the distribution of differential proteins in Q4 group (ratio fold >1.3). The horizontal axis is Log2 transformed protein expression ratio, and the vertical axis is –Log10 transformed p-value. Red dot: up-regulated protein; blue dot: down-regulated protein. (C) Functional KEGG enrichment cluster image showing the common enriched pathways in PC9-Br cells. (D) Results of KEGG enrichment analysis of differential proteins in groups (PC9-Br/PC9) visualized in bubble diagram (including the number of respective involved proteins and the corresponding p-values). (E) The specific differential proteins identified in groups (PC9-Br/PC9) involved in GSH metabolism pathway are listed.




Drug-Resistance Related Proteins Were Confirmed to Be Regulated in BM Cells

Since a string of GSH metabolism related enzymes were found overexpressed in PC9-Br by proteomics, the expression of these enzymes (GPX4, RRM2, GCLC, GPX1, GSTM4, GSTM1) was further verified to be upregulated in PC9-Br by western blotting (Figures 4A,D). GSH dependent peroxidases (GPXs) catalyze the conversion of GSH to GSSG under oxidative stress. GPX1 was found to promote the resistance to cisplatin of NSCLC (Chen et al., 2019a), while GXP4 was widely studied as a novel ferroptosis regulator (Dixon et al., 2012; Yang et al., 2014). In addition, increasing evidence suggests that drug-tolerant persister tumor cells are susceptible to GPX4 inhibition (Hangauer et al., 2017). The expression and enzymatic activity of GCLC constitute rate-limiting steps for GSH synthesis (Lu, 2009, 2013), while glutathione transferases (GSTs) have been shown to be involved in the development of multi-drug resistance (MDR) toward chemotherapeutic agents (Townsend and Tew, 2003; Chatterjee and Gupta, 2018). RRM2 was also proved to mediate multi-drug resistance in multiple malignant tumors (Shah et al., 2014; Chen et al., 2019b). Furthermore, aldehyde dehydrogenases 1 and 3 (ALDH1A1 and ALDH3A1), which were well recognized to play functional roles in drug resistance of NSCLC (Rebollido-Rios et al., 2020), were also found overexpressed in PC9-Br (Figures 4B,D). Consistent with the resistance of PC9-Br to EGFR targeted TKIs, we found the expression of EGFR and p-EGFR were significantly reduced in PC9-Br compared to parental PC-9 (Figures 4C,D), which was regarded as an important mechanism of EGFR-TKI resistance in other EGFR-mutant NSCLC cell lines (Tabara et al., 2012; Nozaki et al., 2014; Xu et al., 2018). Similar regulations of these drug resistance related proteins were confirmed in animal derived BM cells PC9-BrM3 (Supplementary Figures 3A–D). What's more, NF-κB activation was reported to be responsible for the resistance of tumor cells to EGFR TKIs (Blakely et al., 2015; Lantermann et al., 2015; Li et al., 2020). Similarly, in our study, in addition to the decrease in EGFR/p-EGFR expression, we also found the significant activation of NF-κB pathway in BM cells compared to parental PC9 cells (Supplementary Figure 4). Collectively, these findings, on the one hand, revealed potential reasons for drug resistance occurred in both chip model derived PC9-Br and animal model derived PC9-BrM3 cells, which should be further investigated in future studies. One the other hand, consistent results obtained from both models suggested the chip platform is effective to recapitulate the pathologic changes during the course of in vivo metastasis and is an alternative model to further study the pathogenesis of brain metastasis.


[image: Figure 4]
FIGURE 4. Drug-resistance related proteins were confirmed to be regulated in PC9-Br cells. Representative western blot images showing the expression of GSH metabolism related enzymes (A), ALDH1A1 and ALDH3A1 (B), and EGFR/p-EGFR (C) in PC9 and PC9-Br cells. (D) Quantitative results of western blotting images for proteins. n = 3, *p < 0.05, **p < 0.01.





CONCLUSIONS

In summary, we established a model of lung cancer brain metastasis based on a newly microfluidic multi-organ chip and isolated the brain metastatic derivative cells (PC9-Br) of parental PC9 from the chip. Drug resistance to most chemotherapeutic agents and EGFR targeted TKIs were found to be developed in PC9-Br compared to parental PC9. Further proteomics revealed the different protein expression profile of PC9-Br and identified the hyperactive GSH metabolism pathway with the general overexpression of various GSH metabolism-related enzymes (GPX4, RRM2, GCLC, GPX1, GSTM4, GSTM1). Increased expression of aldehyde dehydrogenases (ALDH1A1, ALDH3A1), the well-known drug-resistance associated proteins, were also found in BM. What's more, the reduction of EGFR and phosphorylated EGFR expression, together with the significant activation of NF-κB pathway suggested that the PC9-Br cells had lost both the target of EGFR-TKIs and the addiction to EGFR signaling, which might result in the TKIs resistance in PC9-Br. In future studies, multi-omics analysis including genomics, proteomics and metabolomics will be conducted to further investigate novel mechanisms of the intrinsic drug resistance in BM.



DATA AVAILABILITY STATEMENT

The datasets presented in this study can be found in online repositories. The names of the repository/repositories and accession number(s) can be found below: http://www.proteomexchange.org/, PXD021760.



ETHICS STATEMENT

The animal study was reviewed and approved by The Animal Ethics Review Committee of Dalian Medical University.



AUTHOR CONTRIBUTIONS

MX, YW, and WD designed and carried out the study. SX performed the statistical analysis. SW helped the fabrication of chips. WL wrote the first draft of the manuscript. MX and WD wrote sections of the manuscript. QW and WL conceived and supervised the project, designed and analyzed experiments, and revise the manuscript. All authors read and approved the submitted version.



FUNDING

This work was supported by grants from the National Natural Science Foundation (81972916).



ACKNOWLEDGMENTS

The mass spectrometry proteomics data have been deposited to the ProteomeXchange Consortium via the PRIDE partner repository with the dataset identifier PXD021760: (Username: reviewer_pxd021760@ebi.ac.uk; Password:Ug8rZmvj).



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fbioe.2020.612091/full#supplementary-material



REFERENCES

 Achrol, A. S., Rennert, R. C., Anders, C., Soffietti, R., Ahluwalia, M. S., Nayak, L., et al. (2019). Brain metastases. Nat Rev Dis Primers. 5:5. doi: 10.1038/s41572-018-0055-y

 Ali, A., Goffin, J. R., Arnold, A., and Ellis, P. M. (2013). Survival of patients with non-small-cell lung cancer after a diagnosis of brain metastases. Curr. Oncol. 20, e300–e306. doi: 10.3747/co.20.1481

 Altelaar, A. F., Munoz, J., and Heck, A. J. (2013). Next-generation proteomics: towards an integrative view of proteome dynamics. Nat. Rev. Genet. 14, 35–48. doi: 10.1038/nrg3356

 Ashammakhi, N., Nasiri, R., Barros, N. R., Tebon, P., Thakor, J., Goudie, M., et al. (2020). Gut-on-a-chip: current progress and future opportunities. Biomaterials 255:120196. doi: 10.1016/j.biomaterials.2020.120196

 Bailon, O., Chouahnia, K., Augier, A., Bouillet, T., Billot, S., Coman, I., et al. (2012). Upfront association of carboplatin plus pemetrexed in patients with brain metastases of lung adenocarcinoma. Neuro Oncol. 14, 491–495. doi: 10.1093/neuonc/nos004

 Bansal, A., and Simon, M. C. (2018). Glutathione metabolism in cancer progression and treatment resistance. J. Cell Biol. 217, 2291–2298. doi: 10.1083/jcb.201804161

 Barlesi, F., Gervais, R., Lena, H., Hureaux, J., Berard, H., Paillotin, D., et al. (2011). Pemetrexed and cisplatin as first-line chemotherapy for advanced non-small-cell lung cancer (NSCLC) with asymptomatic inoperable brain metastases: a multicenter phase II trial (GFPC 07-01). Ann. Oncol. 22, 2466–2470. doi: 10.1093/annonc/mdr003

 Blakely, C. M., Pazarentzos, E., Olivas, V., Asthana, S., Yan, J. J., Tan, I., et al. (2015). NF-κB-activating complex engaged in response to EGFR oncogene inhibition drives tumor cell survival and residual disease in lung cancer. Cell Rep. 11, 98–110. doi: 10.1016/j.celrep.2015.03.012

 Bos, P. D., Zhang, X. H., Nadal, C., Shu, W., Gomis, R. R., Nguyen, D. X., et al. (2009). Genes that mediate breast cancer metastasis to the brain. Nature 459 :1005–1009. doi: 10.1038/nature08021

 Burel-Vandenbos, F., Ambrosetti, D., Coutts, M., and Pedeutour, F. (2013). EGFR mutation status in brain metastases of non-small cell lung carcinoma. J. Neurooncol. 111, 1–10. doi: 10.1007/s11060-012-0990-5

 Chatterjee, A., and Gupta, S. (2018). The multifaceted role of glutathione S-transferases in cancer. Cancer Lett. 433, 33–42. doi: 10.1016/j.canlet.2018.06.028

 Chen, B., Shen, Z., Wu, D., Xie, X., Xu, X., Lv, L., et al. (2019a). Glutathione peroxidase 1 promotes NSCLC resistance to cisplatin via ROS-induced activation of PI3K/AKT pathway. Biomed Res. Int. 2019:7640547. doi: 10.1155/2019/7640547

 Chen, C. W., Li, Y., Hu, S., Zhou, W., Meng, Y., Li, Z., et al. (2019b). DHS (trans-4,4'-dihydroxystilbene) suppresses DNA replication and tumor growth by inhibiting RRM2 (ribonucleotide reductase regulatory subunit M2). Oncogene 38, 2364–2379. doi: 10.1038/s41388-018-0584-6

 Cheng, H., and Perez-Soler, R. (2018). Leptomeningeal metastases in non-small-cell lung cancer. Lancet Oncol. 19, e43–e55. doi: 10.1016/S1470-2045(17)30689-7

 Ding, C., Chen, X., Kang, Q., and Yan, X. (2020). Biomedical Application of Functional Materials in Organ-on-a-Chip. Front. Bioeng. Biotechnol. 8:823. doi: 10.3389/fbioe.2020.00823

 Dixon, S. J., Lemberg, K. M., Lamprecht, M. R., Skouta, R., Zaitsev, E. M., Gleason, C. E., et al. (2012). Ferroptosis: an iron-dependent form of nonapoptotic cell death. Cell 149, 1060–1072. doi: 10.1016/j.cell.2012.03.042

 Franchino, F., Rudà R., and Soffietti, R. (2018). Mechanisms and therapy for cancer metastasis to the brain. Front. Oncol. 8:161. doi: 10.3389/fonc.2018.00161

 Hanahan, D., and Weinberg, R. A. (2011). Hallmarks of cancer: the next generation. Cell 144, 646–674. doi: 10.1016/j.cell.2011.02.013

 Hangauer, M. J., Viswanathan, V. S., Ryan, M. J., Bole, D., Eaton, J. K., Matov, A., et al. (2017). Drug-tolerant persister cancer cells are vulnerable to GPX4 inhibition. Nature 551:247–250. doi: 10.1038/nature24297

 Hochmair, M. (2018). Medical treatment options for patients with epidermal growth factor receptor mutation-positive non-small cell lung cancer suffering from brain metastases and/or leptomeningeal disease. Target. Oncol. 13, 269–285. doi: 10.1007/s11523-018-0566-1

 Lantermann, A. B., Chen, D., McCutcheon, K., Hoffman, G., Frias, E., Ruddy, D., et al. (2015). Inhibition of casein kinase 1 alpha prevents acquired drug resistance to erlotinib in EGFR-mutant non-small cell lung cancer. Cancer Res. 75, 4937–4948. doi: 10.1158/0008-5472.CAN-15-1113

 Li, B., Wang, C., Zhang, Y., Zhao, X. Y., Huang, B., Wu, P. F., et al. (2012). Elevated PLGF contributes to small-cell lung cancer brain metastasis. Oncogene 32, 2952–2962. doi: 10.1038/onc.2012.313

 Li, L., Wang, T., Hu, M., Zhang, Y., Chen, H., and Xu, L. (2020). Metformin overcomes acquired resistance to EGFR TKIs in EGFR-mutant lung cancer via AMPK/ERK/NF-κB signaling pathway. Front. Oncol. 10:1605. doi: 10.3389/fonc.2020.01605

 Liu, W., Song, J., Du, X., Zhou, Y., Li, Y., Li, R., et al. (2019). AKR1B10 (Aldo-keto reductase family 1 B10) promotes brain metastasis of lung cancer cells in a multi-organ microfluidic chip model. Acta Biomater. 91, 195–208. doi: 10.1016/j.actbio.2019.04.053

 Lu, S. C. (2009). Regulation of glutathione synthesis. Mol. Aspects Med. 30, 42–59. doi: 10.1016/j.mam.2008.05.005

 Lu, S. C. (2013). Glutathione synthesis. Biochim. Biophys. Acta 1830, 3143–3153. doi: 10.1016/j.bbagen.2012.09.008

 Mehta, M. P., Paleologos, N. A., Mikkelsen, T., Robinson, P. D., Ammirati, M., Andrews, D. W., et al. (2010). The role of chemotherapy in the management of newly diagnosed brain metastases: a systematic review and evidence-based clinical practice guideline. J. Neurooncol. 96, 71–83. doi: 10.1007/s11060-009-0062-7

 Moradi, E., Jalili-Firoozinezhad, S., and Solati-Hashjin, M. (2020). Microfluidic organ-on-a-chip models of human liver tissue. Acta Biomater. 116, 67–83. doi: 10.1016/j.actbio.2020.08.041

 Nozaki, K., Kagamu, H., Shoji, S., Igarashi, N., Ohtsubo, A., Okajima, M., et al. (2014). DDX3X induces primary EGFR-TKI resistance based on intratumor heterogeneity in lung cancer cells harboring EGFR-activating mutations. PLoS ONE 9:e111019. doi: 10.1371/journal.pone.0111019

 Rebollido-Rios, R., Venton, G., Sánchez-Redondo, S., Iglesias I Felip, C., Fournet, G., González, E., et al. (2020). Dual disruption of aldehyde dehydrogenases 1 and 3 promotes functional changes in the glutathione redox system and enhances chemosensitivity in nonsmall cell lung cancer. Oncogene 39, 2756–2771. doi: 10.1038/s41388-020-1184-9

 Sandler, A. B., Nemunaitis, J., Denham, C., von Pawel, J., Cormier, Y., Gatzemeier, U., et al. (2000). Phase III trial of gemcitabine plus cisplatin versus cisplatin alone in patients with locally advanced or metastatic non-small-cell lung cancer. J. Clin. Oncol. 18, 122–130. doi: 10.1200/JCO.2000.18.1.122

 Schiller, J. H., Harrington, D., Belani, C. P., Langer, C., Sandler, A., Krook, J., et al. (2002). Comparison of four chemotherapy regimens for advanced non-small-cell lung cancer. N. Engl. J. Med. 346, 92–98. doi: 10.1056/NEJMoa011954

 Sekine, A., and Satoh, H. (2017). Paradigm shift of therapeutic management of brain metastases in EGFR-mutant non-small cell lung cancer in the era of targeted therapy. Med. Oncol. 34, 121. doi: 10.1007/s12032-017-0978-2

 Shah, K. N., Mehta, K. R., Peterson, D., Evangelista, M., Livesey, J. C., and Faridi, J. S. (2014). AKT-induced tamoxifen resistance is overturned by RRM2 inhibition. Mol. Cancer Res. 12, 394–407. doi: 10.1158/1541-7786.MCR-13-0219

 Shah, N., Liu, Z., Tallman, R. M., Mohammad, A., Sprowls, S. A., Saralkar, P. A., et al. (2020). Drug resistance occurred in a newly characterized preclinical model of lung cancer brain metastasis. BMC Cancer. 20:292. doi: 10.1186/s12885-020-06808-2

 Shi, Y., Sun, Y., Yu, J., Ding, C., Ma, Z., Wang, Z., et al. (2017). China experts consensus on the diagnosis and treatment of brain metastases of lung cancer (2017 version). Zhongguo Fei Ai Za Zhi. 20, 1–13. doi: 10.3779/j.issn.1009-3419.2017.01.01

 Siegel, R. L., Miller, K. D., and Jemal, A. (2019). Cancer statistics, 2019. CA Cancer J. Clin. 69, 7–34. doi: 10.3322/caac.21551

 Steeg, P. S., Camphausen, K. A., and Smith, Q. R. (2011). Brain metastases as preventive and therapeutic targets. Nat. Rev. Cancer. 11, 352–363. doi: 10.1038/nrc3053

 Steinway, S. N., Saleh, J., Koo, B. K., Delacour, D., and Kim, D. H. (2020). Human microphysiological models of intestinal tissue and gut microbiome. Front. Bioeng. Biotechnol. 8:725. doi: 10.3389/fbioe.2020.00725

 Tabara, K., Kanda, R., Sonoda, K., Kubo, T., Murakami, Y., Kawahara, A., et al. (2012). Loss of activating EGFR mutant gene contributes to acquired resistance to EGFR tyrosine kinase inhibitors in lung cancer cells. PLoS ONE 7:e41017. doi: 10.1371/journal.pone.0041017

 Tan, C. S., Cho, B. C., and Soo, R. A. (2017). Treatment options for EGFR mutant NSCLC with CNS involvement-can patients BLOOM with the use of next generation EGFR TKIs? Lung Cancer. 108, 29–37. doi: 10.1016/j.lungcan.2017.02.012

 Townsend, D. M., and Tew, K. D. (2003). The role of glutathione-S-transferase in anti-cancer drug resistance. Oncogene 22, 7369–7375. doi: 10.1038/sj.onc.1206940

 Traverso, N., Ricciarelli, R., Nitti, M., Marengo, B., Furfaro, A. L., Pronzato, M. A., et al. (2013). Role of glutathione in cancer progression and chemoresistance. Oxid. Med. Cell. Longev. 2013:972913. doi: 10.1155/2013/972913

 Xu, J., Zhao, X., He, D., Wang, J., Li, W., Liu, Y., et al. (2018). Loss of EGFR confers acquired resistance to AZD9291 in an EGFR-mutant non-small cell lung cancer cell line with an epithelial-mesenchymal transition phenotype. J. Cancer Res. Clin. Oncol. 144, 1413–1422. doi: 10.1007/s00432-018-2668-7

 Xu, Z., Li, E., Guo, Z., Yu, R., Hao, H., Xu, Y., et al. (2016). Design and construction of a multi-organ microfluidic chip mimicking the in vivo microenvironment of lung cancer metastasis. ACS Appl. Mater. Interfaces. 8, 25840–25847. doi: 10.1021/acsami.6b08746

 Yang, W. S., SriRamaratnam, R., Welsch, M. E., Shimada, K., Skouta, R., Viswanathan, V. S., et al. (2014). Regulation of ferroptotic cancer cell death by GPX4. Cell 156, 317–331. doi: 10.1016/j.cell.2013.12.010

 Yousefi, M., Bahrami, T., Salmaninejad, A., Nosrati, R., Ghaffari, P., and Ghaffari, S. H. (2017). Lung cancer-associated brain metastasis: molecular mechanisms and therapeutic options. Cell. Oncol. 40, 419–441. doi: 10.1007/s13402-017-0345-5

 Zhuang, H., Shi, S., and Chang, J. Y. (2019). Treatment modes for EGFR mutations in patients with brain metastases from non-small cell lung cancer: controversy, causes, and solutions. Transl. Lung Cancer Res. 8, 524–531. doi: 10.21037/tlcr.2019.07.03

Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2020 Xu, Wang, Duan, Xia, Wei, Liu and Wang. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.












	
	REVIEW
published: 04 February 2021
doi: 10.3389/fbioe.2021.624435






[image: image2]

Microfluidic and Organ-on-a-Chip Approaches to Investigate Cellular and Microenvironmental Contributions to Cardiovascular Function and Pathology

Elizabeth L. Doherty1,2†, Wen Yih Aw2†, Anthony J. Hickey1,2,3 and William J. Polacheck1,4,5*


1Joint Department of Biomedical Engineering, University of Carolina at Chapel Hill and North Carolina State University, Chapel Hill, NC, United States

2University of North Carolina Catalyst for Rare Diseases, Eshelman School of Pharmacy, University of North Carolina at Chapel Hill, Chapel Hill, NC, United States

3RTI International, Durham, NC, United States

4Cell Biology and Physiology, University of North Carolina at Chapel Hill School of Medicine, Chapel Hill, NC, United States

5McAllister Heart Institute, School of Medicine, University of North Carolina at Chapel Hill, Chapel Hill, NC, United States

Edited by:
Shi-Cong Tao, Shanghai Jiao Tong University, China

Reviewed by:
Wenfu Zheng, National Center for Nanoscience and Technology (CAS), China
 Paola Occhetta, Politecnico di Milano, Italy
 Claudia Fischbach, Cornell University, United States

*Correspondence: William J. Polacheck, polacheck@unc.edu

†These authors have contributed equally to this work

Specialty section: This article was submitted to Nanobiotechnology, a section of the journal Frontiers in Bioengineering and Biotechnology

Received: 31 October 2020
 Accepted: 08 January 2021
 Published: 04 February 2021

Citation: Doherty EL, Aw WY, Hickey AJ and Polacheck WJ (2021) Microfluidic and Organ-on-a-Chip Approaches to Investigate Cellular and Microenvironmental Contributions to Cardiovascular Function and Pathology. Front. Bioeng. Biotechnol. 9:624435. doi: 10.3389/fbioe.2021.624435



Over the past decade, advances in microfabrication and biomaterials have facilitated the development of microfluidic tissue and organ models to address challenges with conventional animal and cell culture systems. These systems have largely been developed for human disease modeling and preclinical drug development and have been increasingly used to understand cellular and molecular mechanisms, particularly in the cardiovascular system where the characteristic mechanics and architecture are difficult to recapitulate in traditional systems. Here, we review recent microfluidic approaches to model the cardiovascular system and novel insights provided by these systems. Key features of microfluidic approaches include the ability to pattern cells and extracellular matrix (ECM) at cellular length scales and the ability to use patient-derived cells. We focus the review on approaches that have leveraged these features to explore the relationship between genetic mutations and the microenvironment in cardiovascular disease progression. Additionally, we discuss limitations and benefits of the various approaches, and conclude by considering the role further advances in microfabrication technology and biochemistry techniques play in establishing microfluidic cardiovascular disease models as central tools for understanding biological mechanisms and for developing interventional strategies.
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INTRODUCTION

Cardiovascular disease is the leading cause of death among Americans (Heron and Anderson, 2016), and vascular dysfunction is not only a hallmark but often the underlying cause of morbidity and mortality in many diseases (Rajendran et al., 2013). Current approaches for drug development to treat cardiovascular diseases rely primarily on animal models that lack complete human physiology and do not recapitulate the full disease phenotype. In addition, many inherited diseases are associated with multiple genetic mutations thus requiring multiple animal models for a single disease. Furthermore, studies of disposition and efficacy of drugs in animals or ex-vivo human tissue do not allow a scale of scrutiny that informs our understanding of events in the microenvironment that often characterize genetic disorders or are the foundation for more serious systemic disease. These limitations introduce challenges for inferring therapeutic efficacy in patients based on interventions in animal models, particularly for diseases in which the genetics are not well-characterized, such as rare inherited diseases. An alternative to animal models and organotypic culture are conventional in-vitro models, which are commonly used in pharmacokinetic studies and preclinical drug discovery. 2D cell culture models offer simpler, more inexpensive, and higher throughput platforms for discovery and screening. While traditional cell culture systems allow genetic manipulations and offer compatibility with biochemical assays that are not possible in animal models, cells cultured on stiff surfaces do not experience mechanical stimuli and topography of tissue microenvironment and are less reflective of the in-vivo conditions.

Microfluidic technology allows fabrication of systems populated by human cells that recapitulate some aspects of organ function (Huh et al., 2010; Bhatia and Ingber, 2014; Low et al., 2020) and can be used to probe key molecular or cellular events, in a physiologically relevant construct, to explore the origins of acute or chronic disease. These microfluidic “organ-on-chip” models have particular relevance in the study of cardiovascular disease where functional outputs such as resistance to mass transport, fluid displacement, and mechanical force can be well-characterized. A key feature of the most recent of such models is the control over microenvironmental parameters such as the content and mechanical properties of extracellular matrix, the inclusion of stromal and supporting cell types, recapitulation of tissue architecture, and physiologic hemodynamics (Nam et al., 2015; Bordeleau et al., 2017; Partyka et al., 2017; Kaneko et al., 2018; Polacheck et al., 2019; Atchison et al., 2020). When combined with modern cellular and molecular techniques, including induced pluripotent stem cell (iPSC) technology, novel methods for isolation and maintenance of primary cells, and gene editing tools, microfluidic cardiovascular models provide a powerful platform for isolating factors associated with cardiovascular disease.

Here, we review microfluidic models that have been developed to study cardiovascular function and pathology from a genetic and microenvironmental perspective. We focus on platforms that have elucidated the role of physical forces in pathophysiology, and we highlight examples of devices that have been used as a testbed for therapeutic intervention. We divide the review into three separate but interrelated sections that elaborate on key parameters of cardiovascular tissue architecture that can be separately controlled and analyzed when using microfluidic approaches as compared to traditional in-vitro or animal models (Figure 1): (1) Extracellular matrix (ECM)—here we discuss examples of devices developed to recapitulate and pattern native ECM ex-vivo, with a focus on models developed to understand the role of ECM in disease progression; (2) Tissue Morphology—we then review devices that leverage the ability to pattern fluid, polymers, and cells to allow modeling of patient-specific pathophysiologic vascular architecture to investigate how tissue structure contributes to disease progression; (3) Cellular Genetics—in the final section, we discuss devices that incorporate primary patient cells and human cells engineered to express disease-specific mutations to characterize the effects of these mutations on tissue function. Combining knowledge and approaches from each of these focus areas is essential to future developments. We conclude with a perspective on how advances in genetic screening and manipulation could further be integrated with next-generation microfluidic models to provide mechanistic insight and screening for interventional strategies for rare cardiovascular diseases for which animal and ex-vivo tissue models are unsuitable.
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FIGURE 1. Use of microfluidic devices for modeling cardiovascular disease pathophysiology. Introduction of physiologic ECM enables the investigation of cellular remodeling of ECM in disease conditions (red), and microfluidics also allows patterning and recapitulation of altered tissue morphology and abnormal hemodynamics associated with cardiovascular diseases (yellow). Integration of gene editing with microfluidic technology allows modeling of endothelium-stromal cells interactions within physiological microenvironment in normal development and disease condition (light blue).




EXTRACELLULAR MATRIX

The cardiovascular system is a closed, pressurized system, which utilizes cyclic pumping to enable convective transport of oxygen and nutrients throughout the body. Thus, the cells and extracellular matrix (ECM) that comprise cardiac and vascular tissue must withstand cyclic pressures and hemodynamic fluid stresses of magnitudes that vary with location within the circulatory system (Secomb, 2016). As a result, the structure and composition of ECM within the cardiovascular system is highly complex and tissue-specific (Potente and Mäkinen, 2017). For example, while vessel ECM is generally composed of fibrillar collagens, elastic fibers, fibronectin, fibrillin, and proteoglycans, the ratio of collagens and elastic fibers vary across vessels. Collagens function to provide tensile strength, and together with elastic fibers ensure vessels elasticity (Wagenseil and Mecham, 2009; Cheng and Wagenseil, 2012), and thus proximal arteries that experience higher wall tension have a higher number of collagens and elastin than distal arteries and veins (Clark and Glagov, 1985). Furthermore, changes in matrix composition and structure are intimately linked with cardiovascular development and disease, and we direct the reader to comprehensive reviews that catalog key ECM constituents in myocardial and vascular ECM (Davis and Senger, 2005; Wagenseil and Mecham, 2009; Rienks et al., 2014). In addition to its structural role, the ECM presents biochemical and biophysical cues to adherent cells that regulate diverse processes from cell fate (Frantz et al., 2010; Cox and Erler, 2011; Daley and Yamada, 2013) to proliferation and apoptosis (Chen et al., 1997). For example, ECM composition modulates developmental angiogenesis through integrin-dependent signaling (Hynes, 2007) and proteoglycan content in the ECM is known to play a critical role in cardiac development and cardiomyocyte differentiation (Chan et al., 2010). Given the central importance of the ECM in cardiovascular development, homeostasis, and disease pathogenesis, the development of cardiovascular disease models requires careful consideration of the composition and architecture of the ECM. Here we review recent progress in the integration of ECM scaffold into microfluidic cardiovascular models and discuss how these methods have been adapted to effectively model disease processes not captured with traditional cell culture or animal disease models.

Of particular interest in cardiovascular physiology and pathophysiology is the dynamic remodeling of the ECM by resident cells in response to mechanical load, physiological stress, and circulating biochemical signals (Hynes, 2007; Humphrey, 2008). This remodeling is necessary to account for and adapt to changes in cardiac output and vascular resistance associated with aging, chronic disease, and/or wound healing, among other processes (Bonnans et al., 2014). Importantly, dysfunctional remodeling of the ECM is not only correlated with, but often is the underlying cause of various cardiovascular diseases. For example, collagen-rich fibrosis of the myocardium occurs in dilated and hypertrophic cardiomyopathy (Kapelko, 2001; Louzao-Martinez et al., 2016), and the loss of elastic fibers, aberrant collagen and elastin deposition, and increased vascular ECM stiffness are characteristics of hypertension, arterial aging and arterial calcification in response to inflammatory conditions (Arribas et al., 2006; Wagenseil and Mecham, 2012; Sun, 2015). Beyond its role in shaping and maintaining cardiovascular tissue architecture and mechanics, ECM also plays an important role in regulating growth factor transport and signaling, and dysfunctional ECM remodeling can exacerbate pathogenic cell signaling, contributing to the development of aortic aneurysm in rare diseases such as Marfan and Meester-Loeys syndrome (Kolb et al., 2001; Sakai et al., 2016; Meester et al., 2017; Thomson et al., 2019). Therefore, the development of cardiovascular disease models is not only dependent on the environment and mechanics at the time of cell seeding, but also on the ability of cells to remodel the ECM in response to biochemical and mechanical stimuli. This requirement for homeostatic remodeling of the ECM motivates the use of soft 3D substrates within microfluidic devices, which presents design and fabrication challenges as conventional processes for fabricating microfluidics result in stiff, planar surfaces (Griffith et al., 2020).

Various strategies have emerged for recapitulating native ECM in microfluidic disease models, with varying degrees of experimental difficulty and physiologic relevance. Generally, these approaches can be divided into two broad strategies: (1) surface coatings—reconstituted or synthetic ECM bound to a rigid structural material such as PDMS (Zhou et al., 2010); and (2) 3D hydrogels—highly hydrated 3D scaffolds that are comprised of networks of cross-linked polymer chains (Figure 2; Drury and Mooney, 2003). While 3D hydrogels allow for cellular remodeling of ECM composition and structure, inclusion of hydrogels within microfluidics constrains device design and presents experimental and technical challenges associated with applying fluid pressures within and across compliant porous materials (Polacheck et al., 2013; Akbari et al., 2017; Park et al., 2019; Griffith et al., 2020; Low et al., 2020). Therefore, microfluidic devices fabricated with surface coatings are often more sophisticated in terms of device structure and enable application of more physiologically relevant biophysical cues such as cyclic stretch and high fluid pressures and shear stresses, while those fabricated to include 3D hydrogels sacrifice device complexity for more physiologic culture substrates. For further information on hydrogel chemistry for tissue engineering and on microfluidic device design for modeling the vasculature, we refer the reader to relevant comprehensive reviews (Drury and Mooney, 2003; Wong et al., 2012; Huber et al., 2018). Here, we focus on approaches developed specifically for cardiovascular disease modeling and we compare and contrast surface coatings and 3D hydrogels to highlight benefits and drawbacks to each approach. We conclude with a brief discussion on how recent advances in patterning 3D hydrogels might lead to improvements in cardiovascular disease modeling.
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FIGURE 2. Strategies to reconstruct cells-ECM microenvironments in microfluidic disease models. 2D coated surfaces (left) and 3D hydrogels (right) each provide unique experimental advantages and limitations. Surface coated PDMS membrane is commonly used as substrate in platforms that have been used to investigate the effect of cyclic stress on cellular function or those that require complex geometry (bottom, left). 3D hydrogel systems are often limited to linear geometries but provide an optimal mechanical cellular microenvironment to study how spatial and mechanical cues in 3D influence vascular dynamics in diseases while allowing for cellular co-culture and hydrogel remodeling (bottom, right). [bottom, left: Images republished with permission of American Society for Clinical Investigation from Tsai et al. (2011); permissions conveyed through Copyright Clearance Center Inc. Bottom, right; Top: reproduced from Polacheck et al. (2019); Bottom: Reproduced from Wang et al. (2020) with permission from the Royal Society of Chemistry].



ECM Surface Coatings

Various strategies have been developed to coat polydimethylsiloxane (PDMS, the material conventionally used to fabricate microfluidic devices) or glass with ECM-like components from passive adsorption of purified matrix proteins such as collagen (Parenteau-Bareil et al., 2010; Gorgieva and Kokol, 2011) to covalent crosslinking of synthetic ECM presenting specific adhesion ligands (Zhou et al., 2010; Chen et al., 2018). These surface coatings often consist of single or combinations of purified ECM proteins such as collagen, fibronectin, or laminin, which allow for cell adhesion and while these ECM proteins are relevant to cardiovascular ECM composition, they do not completely recapitulate the complexity and tissue-specific combinations of in vivo ECM microenvironment. In general, surface coatings impose few restrictions on the device design and fabrication process and thus allow for cell culture in devices with complex geometry. For example, Tsai et al. coated ~30 μm branching PDMS channels with fibronectin as a substrate for endothelial cells to enable perfusion of human blood to assess the efficacy of vascular occlusion treatment in sickle cell disease and hemolytic uremic syndrome (Figure 2; Tsai et al., 2011). An added benefit of surface coating is the ability to culture and image cells in close proximity to a microscope objective to enable high resolution imaging. The authors leveraged this optical advantage to measure occlusion and blood flow velocity within patterned channels to determine whether hydroxyurea, a common treatment for sickle cell disease, impacts blood flow, and occlusion formation. The authors induced hemolytic uremic syndrome-like vascular injury and thrombosis and then tried to recover vessel health through treatment with eptifibatide, a drug that disrupts platelet aggregation. Through examination of clotting within the device, the authors found decreased thrombi formation after treatment, indicating that eptifibatide could be an effective treatment for hemolytic uremic syndrome. Similar approaches have been used extensively to study the role of hemodynamics in platelet activation and thrombosis, as recently reviewed (Zhu et al., 2015; Zhang and Neelamegham, 2017; Herbig et al., 2018).

PDMS affords certain advantages and disadvantages as a culture substrate in cardiovascular disease modeling. While PDMS cannot be remodeled by cells and is generally much stiffer than microvascular ECM (Polacheck and Chen, 2016), its elastic modulus can be tuned to values ranging from 0.1 to 2,700 kPa, which can better mimic physiological stiffness for larger vessels and the myocardium (Brown et al., 2005; Lv et al., 2017). Further, the high toughness and elasticity allow reversible and cyclic strain to be generated in PDMS under driving pressures easily achieved with standard microfluidics. In a highly influential platform technology, Huh et al. coated porous PDMS membranes with either collagen or fibronectin coating as a substrate for endothelial cells and alveolar epithelial cells, which could mimic the cyclic breathing motion of the alveolus (Huh et al., 2010). This system has since been modified to study many cardiovascular diseases including Hutchinson-Guilford progeria syndrome (Ribas et al., 2017) and cardiac fibrosis (Ugolini et al., 2016). For example, Zheng et al. leveraged this device design to simultaneously apply fluid shear stress and cyclic stretch to endothelial cells to recapitulate the mechanical conditions associated with early atherosclerosis (Zheng et al., 2016). They found an increase in reactive oxygen species formation in response to either abnormal fluid shear or cyclic stress, and the effect was more pronounced when cells were subjected to both stresses. They further evaluated endothelial cell response to inflammatory and hyperglycemic conditions and demonstrated increased cell death in endothelial cells cultured in device as compared to 2D cultured cells. Further, treatment of endothelial cells cultured in device under physiological flow and cyclic stress with probucol, a drug pulled from the market due to off target cardiovascular effects, uncovered cardiotoxicity not seen in a traditional cell culture model. They further showed that their device presented similar results to mouse model after treatment with antioxidant functionalized nanoparticles for hyperglycemia. Together these results demonstrate that despite the superphysiological stiffness, lack of cellular remodeling and relevant ECM complexity, microfluidic devices synthesized with ECM-coated PDMS or glass have provided novel insight into cardiovascular disease mechanisms and drug efficacy through their ability to recapitulate mechanical aspects of the microenvironment.



3D Hydrogels

To address the limitations of surface coated PDMS and glass, approaches have been developed to incorporate 3D hydrogels within microfluidic devices. In these systems, the PDMS microfluidic device serves as an initial template and gasket for fluidic access to a dynamic cell-laden hydrogel to mimic cardiac or vascular tissue. There has been considerable interest and effort in patterning hollow channels through the hydrogel to mimic microvascular architecture while enabling perfusion and the establishment of solute and fluid pressure gradients (Figure 2; Song and Munn, 2011; Nguyen et al., 2013; Verbridge et al., 2013; Polacheck et al., 2017; Kutys et al., 2020). These systems are particularly useful for studying the effect on disease presentation of changes in surrounding ECM composition and structure. For instance, the use of degradable porous materials as bulk hydrogels in microfluidic platforms have enabled investigations into the role of substrate stiffness (Bordeleau et al., 2017), chemical gradients (Kim et al., 2013; Nguyen et al., 2013), and fluid flow (Shin et al., 2011; Song and Munn, 2011) in directing endothelial sprouting and angiogenesis—a process that has been associated with atherosclerosis and ischemic heart disease (Khurana et al., 2005). Using a dextran hydrogel, Trappmann et al. investigated the material properties that impact angiogenesis and demonstrated that the degree of ECM degradability influences endothelial cell migration during angiogenesis (Trappmann et al., 2017). Despite the lack of a biologically relevant ECM microenvironment, synthetic hydrogels can be functionalized with integrin binding sequences and cell degradable motifs which allow mimic and study of specific ECM properties such as binding capacity and matrix degradability in development and disease. Specifically, the authors modulated the matrix degradation rate by cross-linking protease sensitive sequences with different protease binding affinities to the hydrogel, and showed that depending on matrix degradability, endothelial cells could migrate as single cells or collectively as a multicellular unit. These results suggest that the angiogenic response to cytokine gradients can vary according to the composition of vascular matrix and local concentration of matrix metalloproteinases. Notably, these observations were enabled by the ability to establish molecular gradients across soft 3D ECM with the integration of high-resolution 3D imaging in microfluidic devices and would not have been captured in traditional 2D cell culture models.

Blood and lymphatic microvessels synthesized in microfluidic devices that incorporate 3D hydrogels have been shown to be effective models for investigating vascular barrier function, as transport between the luminal and surrounding hydrogel compartments can be visualized with high spatiotemporal resolution (Chrobak et al., 2006; Wong et al., 2012; Polacheck et al., 2017). These 3D vascularized models are typically encapsulated in collagen hydrogel, which mimics the multiscale organization of vascular ECM, and allows study of the dynamics of cell-ECM interactions and ECM remodeling in a physiologically relevant setting. Barrier function as measured by vascular permeability is a common indicator of vessel health and is dysregulated in many diseases, including atherosclerosis, cancer, lymphatic malformations, neurological disorders, and chronic inflammation (Bischel et al., 2013; Buchanan et al., 2014; McCurley et al., 2017; Partyka et al., 2017; Polacheck et al., 2019), and tissue-specific 3D vascularized models have been developed to explore the role of vascular permeability in disease progression. For example, Lugo-Cintron et al. developed a microfluidic platform to investigate the role of desmoplasia in modulating lymphatic permeability during breast cancer metastatic progression. The authors demonstrated decreased lymphatic barrier function with increased collagen density, which mimics desmoplasia and associated increased collagen deposition and tissue stiffening. In particular, they found that secretion of pro-inflammatory cytokine, IL-6 increases in a collagen density-dependent manner. They further demonstrated that targeted blocking of IL-6 receptor is sufficient to mitigate vessel leakiness. Similarly, IL-6 was found to mediate blood vascular dysfunction in a model of early breast cancer adapted to include a polarized epithelial duct (Kutys et al., 2020). In a similar bulk hydrogel system, Silvestri et al. developed a tumor organoid-vessel co-culture model to study the process of vascular recruitment and tumor intravasation. The model is designed to be compatible with live cell imaging and allow for real time visualization of tumor-vessel interaction within a physiological relevant ECM microenvironment. Using this platform, they identified multiple cellular mechanisms where tumor cells could interact, displace, and disrupt vascular function (Silvestri et al., 2020). Importantly, these results highlight the utility of the advanced imaging methods that come with using microfluidic platforms for studying cellular processes that are difficult to capture in animal disease models. Overall, these results underscore the importance of incorporating physiological relevant ECM protein into the microenvironment of vascular disease models to provide functional readouts of vasculature in relation to disease progression.

A number of microscale and microfluidic models of functional, contractile cardiac tissue have been made utilizing 3D hydrogels. We direct the reader to recent comprehensive reviews for the development of cardiac-on-chip technology, cardiac microtissues, and microfluidic models and focus our review on platforms that have been used for disease modeling (Ribas et al., 2016; Ronaldson-Bouchard and Vunjak-Novakovic, 2018; Kitsara et al., 2019). Broadly, by encapsulating cardiac cells within 3D hydrogels, these systems allow for the study of cardiac tissue mechanics with (Xiao et al., 2014; Marsano et al., 2016) or without active mechanical stimulation (Legant et al., 2009; Boudou et al., 2012; Aung et al., 2016). These platforms are important tools for cardiac disease modeling as they can be made with iPS-derived cardiac cells (Thavandiran et al., 2013; Hinson et al., 2015; Lu et al., 2017; Ronaldson-Bouchard et al., 2018). While many of these approaches are not traditionally microfluidic in that they do not include enclosed microfabricated channels, they are fabricated with similar approaches and afford many of the benefits for disease modeling discussed in this review.

In general, the models referenced above are created by mixing cardiomyocytes and fibroblasts with a synthetic or natural hydrogel and depositing this mixture into a well with parallel, vertical microposts. Over time, these cells remodel the hydrogel into a dense microtissue that is anchored by the microposts, and micropost deflection can be used to measure the contractile forces generated by the tissue (Polacheck and Chen, 2016). Cardiac microtissues have been used to assess cardiac structure and function in response to patient mutations (Hinson et al., 2015), and increasingly to assess cardiotoxicity as a measure of drug safety. For example Lu et al. generated a 96-well array of cardiac microtissues from iPSC derived cardiomyocytes to assess how eight different drugs with clinically-observed cardiotoxicity affected beating rates and overall viability of the microtissues (Lu et al., 2017). Interestingly, their results showed that many of these drugs did not cause cell death at high doses but did result in lower overall beating rates, a measure of cardiac function. These results demonstrate that the functional measurements enabled by these microtissues provide improved clinical relevance for safety studies over traditional cardiomyocyte viability assays, highlighting the utility of microscale models for drug screening.




CARDIOVASCULAR TISSUE MORPHOLOGY

The substantial remodeling of blood vessels and vascular networks during tissue growth and morphogenesis during development highlights the intimate and reciprocal relationship between cardiovascular structure and function. While there is some debate as to the relative roles of genetic prespecification vs. adaptation to mechanical load (Jones et al., 2006), results from developmental and animal disease models have made it increasingly clear that consideration of both genetics and morphology are critical in the study of cardiovascular disease, where: (a) genetic mutations can result in dysfunctional structural adaptation that increases morbidity and mortality, for example, in vascular Ehlers-Danlos syndrome where defective collagen production leads to weakened blood vessels, aneurysm formation, and rupture (Bergqvist et al., 2013; Malfait et al., 2020); and (b) tissue morphology can exacerbate disease, for example, curvature and branches in the descending aorta can lead to local hemodynamic recirculation and atherosclerosis (Chiu and Chien, 2011). Through integration of genetic models of disease with approaches for patterning 2D and 3D ECM, as discussed above, microfluidic models have enabled novel insight into the structure-function relationships that underlie cardiovascular disease progression. Due in part to the complex multiscale structure of the vasculature and to the role of hemodynamics in disease progression, much more effort has been devoted to the development of microfluidics for understanding the role of morphology in vascular disease modeling. Thus, we refer the reader to recent reviews on cardiac disease modeling (Mathur et al., 2016; Ribas et al., 2016; Ronaldson-Bouchard and Vunjak-Novakovic, 2018) and focus the subsequent section on models of the vasculature.

Broadly, pathologic vascular morphology manifests at the vessel level, including abnormal vessel length, tortuosity, or diameter, or at the network level, including abnormal vascular density and branching (Figure 3; Han, 2012; Xu et al., 2017). The location and dimensions of these abnormalities vary among patients, presenting challenges in the use of animal models to investigate clinical heterogeneity. A key benefit of microfluidics is the ability to develop customized cardiovascular models whose dimensions and complexity can be modulated to recapitulate patient-specific morphologies (Piccinelli et al., 2009; Nam et al., 2015; Costa et al., 2017; Kaneko et al., 2018). Such approaches, developed using micro- and nanoscale patterning and printing, have been effective in elucidating patient specific abnormalities, and the details of model fabrication are reviewed previously by others (McDonald et al., 2000; Ho et al., 2015; Amin et al., 2016; Griffith et al., 2020). Furthermore, the vascular system is subjected to fluid flow and shear stress, variables that can be drastically altered by deviations from normal in vessel morphology (Han, 2012). Using the fabrication methods mentioned above, microfluidics can be used to model severe changes in vessel morphology that correspond to cardiovascular disease and assay the impact of these changes on fluid flow and shear stress profiles. Here, we review implementation of these microfluidic approaches that have been used to understand the mechanisms underlying how focal and global changes in vessel morphology contribute to vascular disease.
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FIGURE 3. Multi-scale modeling of pathophysiologic vascular morphology associated with vascular diseases. Microfluidic models have been developed to model pathologic alterations in vascular morphology at the vessel and network levels. Examples of investigations into focal vessel pathologies include microfluidics designed to model aneurysm (left) and stenosis (right). Examples of investigations into network pathologies include microfluidics designed to model high vessel tortuosity (top) and developmental pathologies in the circle of Willis (bottom). Functional outputs highlighted include computational fluid dynamic studies using microfluidic system morphology (left, right, bottom), quantitative and qualitative validation of vessel size and shape (top), and biochemical analysis to assess adhesion (right). [left: images reproduced from Kaneko et al. (2018) with permission from BMJ Publishing Group Ltd. Right: images reproduced from Westein et al. (2013). Top: Images republished with permission of Royal Society of Chemistry from van der Meer et al. (2013); permissions conveyed through Copyright Clearance Center Inc. Bottom: images reprinted from Nam et al. (2015), Copyright 2015, with permission from Elsevier].


Aneurysms are a focal change in vessel structure that increase in prevalence with age and are associated with a variety of disorders such as diabetes, Marfan syndrome, and vascular Ehlers-Danlos syndrome (Muluk et al., 1994; Bergqvist et al., 2013; Raffort et al., 2018). They occur when a blood vessel wall weakens at a specific point and begins to bulge, filling with blood and disturbing blood flow patterns. As fluid builds up in this newly formed bulge, the wall is weakened further, and changes in blood pressure and wall shear stress can eventually lead to rupture (Li and Kleinstreuer, 2005). The progression of aneurysms to dissection has been studied using computational fluid dynamic (CFD) modeling and has shown to be influenced by both aneurysm morphology and hemodynamics (Field, 2003; Xiang et al., 2011). However, using CFD with clinically obtained images alone does not allow for the impact of each of these factors—morphology and blood flow—to be individually analyzed. Reece et al. created a two-dimensional microfluidic model that can be used in tandem with particle image velocimetry to investigate how vessel structure changes due to aneurysm alter fluid flow and wall shear stress to trigger clotting within aneurysms (Reece et al., 2015). Their system allows for the visualization of the flow of beads or cells and thus provides a method for understanding how blood constituents flow differently through the aneurysm and initiate clotting in patients. Platforms created by Mannino et al. and Kaneko et al. built upon this two-dimensional flow model by recapitulating aneurysms using a three-dimensional microfluidic model with hydrogels, the first using more traditional techniques and the latter using patient MRI scans to inform 3D prints to generate their device's structure during fabrication (Mannino et al., 2015; Kaneko et al., 2018). Both groups used their microfluidic models to confirm previous CFD results based on clinical images and show wall shear stress is lower within the aneurysm sac (Figure 3). Kaneko et al. further showed that endothelial cells in the aneurysm sac differed in shape from those in the vessel lumen when exposed to fluid flow (Kaneko et al., 2018). By examining cell morphologies at different spots within the vessel, these results give indication of how changes on a cellular level could lead to further weakening and rupture of aneurysms. Collectively, these studies showcase how microfluidic models allow the examination of both the hemodynamics present in the vasculature, such as shear stress and flow profiles, and cellular phenotypes present within aneurysm, a vascular condition with a rather non-uniform morphological presentation.

Stenosis, or abnormal narrowing of blood vessels, is caused by a buildup of plaque in arteries or veins and is the major disease characteristic of atherosclerosis and thrombosis. Over time, these plaques rupture into precipitating thrombi that obstruct blood flow, and can result in stroke or myocardial infarction (Libby et al., 2019). Westein et al. observed that platelets tend to aggregate downstream of a stenosed mouse artery and developed a microfluidic model to identify hemodynamic changes that could contribute to downstream platelet aggregation. The authors fabricated a microfluidic device that recapitulated the stenosed structure and examined how factors such as wall shear stress, stenosis geometry, and activity of coagulation factors such as von Willebrand factor (vWF) changed along the stenosed structure (Figure 3). Their results showed that increased wall shear stresses at the stenosed region correlates with vWF activation and an increased capacity of platelet aggregation downstream to the site of stenosis, highlighting how microfluidic devices can be used to probe different aspects of disease presentation (Westein et al., 2013). Costa et al. took a three-dimensional approach to studying how platelet aggregation is affected by stenosis and used patient CT scans to generate 3D printed, endothelialized, stenosed vessels within a microfluidic chip. The authors fabricated cylindrical vessels with decreased diameter resembling points of stenosis and assessed thrombus formation by visualizing platelet accumulation after perfusion (Costa et al., 2017). Their results showed that changes in blood flow dynamics alone, as assessed by their microfluidic device, could not explain the location of thrombosis, suggesting that there is more to be discovered, and highlighting how the incorporation of patient-informed structure into microfluidic models has the potential to unveil mechanisms unable to be identified using traditional methods.

In addition to local changes in vessel structure, microfluidics have been developed to investigate the role of vascular network structure and remodeling in disease. For example, morphological variation, including absent vessels, within the circle of Willis (a complex network structure in the cerebrum) has been linked to cerebral aneurysm formation due to alteration in blood flow within this network (Nam et al., 2015). To study the relationship between wall shear stress resulting from this altered blood flow, Nam et al. fabricated a microfluidic device that recapitulates normal and disease state circle of Willis structures (Figure 3). The authors measured flow rates in the different morphological conditions and used CFD studies to show that higher shear stress correlates with aneurysm formation location in each of these conditions (Nam et al., 2015). Additionally, extreme deviation from straight vessel morphology has been implicated in various cardiovascular diseases, including atherosclerosis and ischemic heart disease (Han, 2012). As such, increased blood vessel tortuosity can be a measure of disease presentation, such as in hereditary hemorrhagic telangiectasia (HHT), a disease associated with disrupted TGF-ß signaling (Sawabe et al., 2001; Jaskolka et al., 2004). To investigate how TGF-ß signaling might impact tortuosity, van der Meer et al. fabricated a microfluidic device that contained endothelial cells and pericytes within a collagen hydrogel (Figure 3). By using a collagen hydrogel, these cells are able to remodel the hydrogel to form a self-organized vascular network, which allows probing of signaling pathways involved in vascular network formation (van der Meer et al., 2013). The authors observed that inhibition of TGF-ß signaling leads to increased vessel tortuosity, which implies that disrupted TGF-ß signaling could exacerbate vessel tortuosity, potentially leading to the development of twisted vascular network structure occurs in HHT. These results highlight the utility of microfluidic models to recapitulate tissue level structure and morphology in investigating disease presentation, which is extremely important in vascular diseases where morphology can impact fluid dynamics, and in turn vascular health.



PATIENT-DERIVED CELLS AND GENETIC MUTATIONS

Due to the small sample sizes and compatibility with primary and patient-derived cells, microfluidic devices also allow the study of genetic disorders under physiologically relevant conditions. These systems are particularly useful for vascular disorders with distinct functional outputs that cannot be recapitulated using traditional in-vitro cell culture methods. Furthermore, genetic disorders are commonly caused by a wide diversity of driver gene mutations, which makes modeling the genetic landscape of human disease costly and challenging with animal models. The development of efficient gene editing, stem cell differentiation, and the increasing availability of patient-specific induced pluripotent stem cell (iPSC) lines have enabled the creation of genetically and physiologically relevant organ-on-chip systems for in-vitro disease modeling and drug testing. Here, we explore recent progress in genetic cardiovascular disease models, with an emphasis on the integration of patient iPSC derived cardiovascular cells in heart-on-chip and vascular-on-chip platforms for modeling pathologies in genetic disorders, including Barth syndrome, dilated cardiomyopathy, and Hutchinson-Gilford progeria syndrome. For a comprehensive review on the development of microfluidic devices for studying cardiovascular biology and drug development, see Ribas et al. (2016) and Ronaldson-Bouchard and Vunjak-Novakovic (2018).

Traditionally, cardiovascular microfluidic models were limited, as cardiovascular cells are difficult to acquire from patients. The generation of iPSCs and their subsequent differentiation into vascular cells (Figure 4) allowed for increasing adoption of cardiovascular microfluidics, as these approaches overcame the previous lack of human vascular cells and allowed for modeling of patient-specific genetic mutations. For example, Wang et al. developed a heart-on-chip platform to model cardiomyopathy in Barth Syndrome using iPSCs (Wang et al., 2014). Barth Syndrome (BTHS) is a rare metabolic disorder caused by recessive loss-of-function mutations in the tafazzin (TAZ) gene that results in dilated cardiomyopathy, skeletal myopathy, neutropenia, and short stature (Barth et al., 1983). TAZ catalyzes acylation of monolysocardiolipin into cardiolipin, a phospholipid that is essential for electron transport chain and ATP synthase function (Chicco and Sparagna, 2007; Houtkooper et al., 2009). In a recent study conducted by Wang et al., iPSCs derived from BTHS patients were differentiated into cardiomyocytes and were shown to have impaired cardiolipin acylation, increased reactive oxygen species production and other metabolic abnormalities associated with BTHS (Wang et al., 2014). The authors further employed a muscular thin film tissue construct (Grosberg et al., 2011) to demonstrate contractile dysfunction in BTHS (Figure 4). Cardiomyocytes on thin elastomeric membrane aligned to micropatterned lines and organized into strips of anisotropic muscle tissues. The muscular thin film bends and deflects the membrane during contraction which serves as a functional readout for contractile force. Using this model, they showed that BTHS-derived cardiomyocytes exhibit compromised contractile performance as compared to control cardiomyocytes. They further employed this platform to evaluate potential therapies for BTHS and demonstrated that multiple strategies—reintroducing tafazzin with modified RNA, buffering mitochondrial reactive oxygen species with antioxidant, or providing cells with linoleic acid, an alternative precursor to cardiolipin, can be used to rescue the disease phenotype. The results from this study not only provide novel mechanistic insights into BTHS pathogenesis but also demonstrate the utility of patient-derived iPSC cardiomyocytes and heart-on-chip technology for therapeutic discovery.
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FIGURE 4. Integration of patient derived iPSC with microfluidic models to study cardiovascular diseases. iPSCs can be generated from patient cells and subsequently differentiated into a variety of vascular cell types. Further these iPSCs can be genetically mutated to create an isogenic control cell line to preserve the genetic background of the patient but erase the mutation of interest (left). After differentiation into vascular cells, these cells can be used in microfluidic disease models of both cardiac and vascular diseases (right). By utilizing microfluidic systems, the disease model can incorporate functional outputs as indicated [top, right; image on the left reprinted by permission from Springer Nature Customer Service Centre GmbH: Springer Nature, Wang et al. (2014), Copyright 2014. Image on the right from Hinson et al. (2015). Reprinted with permission from AAAS. Bottom, right; image on the left reproduced from Atchison et al. (CC by 4.0: http://creativecommons.org/licenses/by/4.0/). Image on the right reprinted with permission from John Wiley and Sons from Ribas et al. (2017), Copyright 2017 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim].


Another application for human iPSC-based heart-on-chip platform is the mechanistic investigation of incomplete penetrance in dilated cardiomyopathy caused by titin truncating mutations (Hinson et al., 2015). Titin, the largest known human protein, is known to function structurally as a scaffolding protein for sarcomere assembly and mechanically as a molecular spring that provides elasticity to the muscle (Granzier and Labeit, 2004; LeWinter and Granzier, 2010). The protein is composed of four structural domains: the N-terminal Z-line domain that is anchored to the sarcomeric Z-disk, the distensible I-band region that is responsible for muscle elasticity, the thick filament binding A-band region that functions as a scaffold for filament assembly, and the C-terminal M band region with a kinase domain. In a landmark multi-cohort study of patients with dilated cardiomyopathy, Herman et al. showed that mutations leading to truncations in titin accounts for up to 25 and 18% of familial and sporadic dilated cardiomyopathy cases, respectively (Herman et al., 2012). The truncation variants found in dilated cardiomyopathy cohort clusters around the A-band region. Interestingly, truncating variants located in the I-band region were found in both patient and healthy population, suggesting that truncations located in I-band are better tolerated than truncations in A-band region (Herman et al., 2012; Roberts et al., 2015). Using patient-derived iPSC cardiomyocytes and gene-edited iPSC cardiomyocytes, Hinson et al. investigated the penetrance of titin truncation variants (TTNtv) and missense variants within the A-band and I-band regions (Hinson et al., 2015). The pathophysiology of each variant was evaluated using cardiomyocytes contractility assays, both in 2D single cell and 3D engineered cardiac microtissues (Figure 4). While difference in contractile performance was undetectable in individual cardiomyocytes, both A-band and I-band TTNtv lines displayed significantly lower contractile forces compared to control cardiac microtissues. Additionally, contractility defects were less pronounced in I-band TTNtv in comparison with A-band variants, indicating a reduced penetrance of the mutation. Using RNA sequencing, the authors demonstrated that the affected I-band exon can be alternatively spliced and excluded from mature titin transcript. They further suggested alternative exon splicing functions as the predominant mechanism for reduced penetrance of I-band TTNtvs. Collectively, the results of this study demonstrate a successful integration of iPSC, gene editing, transcription profiling with tissue engineering technology and provide a promising platform for studying genotype to phenotype relationships in genetic cardiac condition.

Stem-cell based vessel-on-chip systems have also been developed for modeling vascular dysfunction in rare genetic disorders. Progeria, or Hutchinson-Gilford progeria syndrome is an extremely rare, progressive genetic condition that causes premature aging. The disease is resulted from the buildup of progerin, a mutant nuclear lamin A protein and causes accelerated degenerative aging in multiple systems, including skin, musculoskeletal, and cardiovascular systems (Kudlow et al., 2007). In studies by Atchison et al., 3D arteriole-scale vessel-on-chip were generated with endothelial cells (Atchison et al., 2020) and smooth muscle cells (Atchison et al., 2017, 2020) derived from healthy and Progeria patient iPSCs (Figure 4). The tissue-engineered Progeria vessels were shown to have increased inflammatory cytokines and reduced vasoactivity as compared to control vessels. Using these systems, the authors demonstrated that vascular endothelium may play a specific role in initiating inflammatory response and the development of atherosclerosis in Progeria. João Ribas et al. further developed a Progeria-on-chip model to study the impact of pulsatile cyclic strain on pathophysiology of the disease (Ribas et al., 2017). iPSC derived smooth muscle cells were cultured on PDMS membrane and stimulated with continuous pulsatile stretch and relaxation (Figure 4). The progeria patient-derived smooth muscle cells showed increased levels of DNA damage, inflammatory markers and senescence markers in response to mechanical strain. Additionally, the authors showed that these phenotypes can be reduced with lovastatin or lonafarnib—a drug that was submitted for the first-ever Progeria treatment. These results point to the utility of patient stem cells in vessel-on-chip platforms to facilitate drug development for rare vascular diseases.



DISCUSSION

Over the past several decades, animal models for cardiovascular disease have enabled great advances in understanding of physiology and disease progression that have led to the development of compounds and therapies that have broadly changed the prognostic landscape for cardiovascular disease. Increasingly, microfluidic devices have contributed to the arsenal of experimental approaches available for understanding cardiovascular biology, and as the efficiency of drug development declines (Scannell et al., 2012), microfluidic approaches hold promise in addressing gaps in current preclinical models (Low et al., 2020). As the technology required for fabrication has been more widely adopted, these devices have moved beyond the proof of concept phase to enable the study of patient derived cells and mutations on disease progression at the tissue scale without sacrificing physiological relevance, thus bridging the gap between human and mouse physiology. Recent developments in 3D printing (Skylar-Scott et al., 2019) and in the development of advanced bioinks (Gladman et al., 2016) are further improving the spatiotemporal resolution with which cells and tissues can be patterned, and advances in organoid technology (Park et al., 2019) are enabling increasingly complex structures with cellular compositions more closely resembling native tissue. Integration of these technological advances with the ability to apply pressures and flows afforded by microfluidics will enable next-generation studies into the relationship between cardiovascular architecture and disease and open the possibility to develop these in-vitro systems into organ replacement or augmentation strategies.

While most recent work has focused on mutations that are conserved in diseased populations, the technology and methods developed to perform these studies will contribute to the development of individualized, patient-specific therapeutic interventions. As the cost and material requirements for gene sequencing continue to reduce, microfluidic cardiovascular disease models will be increasingly useful for understanding the functional consequences of individual and combinations of genetic mutations. Importantly, integration of disease models with information from electronic medical records will also allow study of comorbidities and patient history not well-captured by gene sequencing in cardiovascular disease progression. Such platforms and integrative approaches could also provide individualized preclinical safety and efficacy data to inform how a particular drug will impact a specific patient. Together, these advances will allow microfluidic cardiovascular disease models to study pathophysiological mechanisms and to screen for interventions in individual patients, and recent work supports the viability of this approach (Luna et al., 2020).

Currently, the development of microfluidic systems is intimately dependent on advances in animal models. Advances in understanding cardiovascular physiology inform the development of novel devices, and mechanistic insights into pathophysiology of cardiovascular disease enabled by microfluidics are largely validated with animal models. While this reciprocal relationship between animal models and microfluidics ostensibly ensures physiologic relevance of novel systems and assays, it presents a central obstacle in disease modeling and treatment development for diseases that are lacking translatable animal models. Furthermore, the lack of regulatory oversight on manufacturing standards and guidelines on device performance presents a bottleneck to clinical translation (Reyes-Hernandez et al., 2020). While recent companies have sought to commercialize specific chips, packaging and distribution of 3D hydrogels and cell-laden devices has yet to be achieved at the commercial scale. This requires individual labs to introduce ECM and cells into commercially available devices, which complicates standardization and contributes to a high degree of variability among research groups. As standard operating procedures and biomanufacturing continue to be developed to address these issues, challenges remain in regulatory interactions and strategy. Without standardized processes for determining the relevance and efficacy of microfluidic disease models, validation of new models requires recapitulation of key results in animal studies, which precludes development of microfluidic models for diseases in which animal models do not exist. While initiatives such as the Tissue Chip initiative led by the National Center for Advancing Translational Sciences in coordination with the Food and Drug Administration seek to address these challenges at a higher level, increasing coordination among investigators and laboratories developing the technology will improve adoption.

In summary, the integration of patient derived cells and mutations with microfluidic platforms has enabled novel insights into cardiovascular disease mechanisms that were not possible with standard in-vitro or animal disease models. Moving forward, continued advances in biochemistry and fabrication technology will enable these approaches to move beyond academic labs to significantly impact drug development for cardiovascular disease.
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Metastasis is the primary cause of a large number of cancer-associated deaths. By portraying the precise environment of the metastasis process in vitro, the microfluidic system provides useful insights on the mechanisms underlying cancer cell migration, invasion, colonization, and the procurement of supplemental nutrients. However, current in vitro metastasis models are biased in studying blood vessel-based metastasis pathways and thus the understanding of lymphatic metastasis is limited which is also closely related to the inflammatory system. To understand the effects of inflammatory cytokines in lymphatic metastasis, we developed a three-channel microfluidic system by mimicking the lymph vessel-tissue-blood vessel (LTB) structure. Based on the LTB chip, we successfully confirmed the inflammatory cytokine, interleukin 6 (IL-6), -mediated intercellular communication in the tumor microenvironment during lymphatic metastasis. The IL-6 exposure to different subtypes of breast cancer cells was induced epithelial-mesenchymal transition (EMT) and improved tissue invasion property (8-fold). And the growth of human vein endothelial cells toward the lymph vessel channel was observed by VEGF secretion from human lymphatic endothelial cells with IL-6 treatment. The proposed LTB chip can be applied to analyze the intercellular communication during the lymphatic metastasis process and be a unique tool to understand the intercellular communication in the cancer microenvironment under various extracellular stimuli such as inflammatory cytokines, stromal reactions, hypoxia, and nutrient deficiency.
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INTRODUCTION

Cancer metastasis is a phenomenon involving the spread and proliferation of the primary cancer cells into secondary sites through the circulatory system, including lymph and blood vessels (Gupta and Massague, 2006). Cancer cells are heterogeneous and have different migration properties based on their phenotypes, which are strongly associated with malignancy (Brabletz et al., 2005). However, for the progress of metastasis from a benign cancer cell, epithelial-mesenchymal transition (EMT) and angiogenesis are necessary for the early stages (Kang and Massague, 2004). In the primary cancer microenvironment, EMT can be induced by various extracellular stimuli such as stromal reactions, hypoxia (Matsuoka et al., 2013), nutrient deficiency (Recouvreux et al., 2020), and inflammatory cytokines (Muller et al., 2001). Epithelial cells undergo a change in their cell polarities, cytoskeletal systems, and cell-cell adhesion properties, and transition to mesenchymal cells with migratory and invasive properties (Yilmaz and Christofori, 2009). Subsequently, these cells present as circulating tumor cells (CTC), circulate the blood vessels and lymph nodes, and metastasize to other organs by the mesenchymal-epithelial transition (MET), which is the opposite of the EMT process (Banyard and Bielenberg, 2015). Subsequently, new blood vessels are generated in the anchored cancer cells by a process called angiogenesis, and the nutrients and oxygen necessary for their maintenance and proliferation are supplied to these cells (Folkman, 2002). This is one of the primary reasons why cancer is a very serious disease and difficult to treat. Therefore, this study is necessary to identify effective cancer therapies involving the prevention and elimination of metastasis.

EMT and angiogenesis are very important steps in the development and progress of cancer metastasis (Panchy et al., 2020). To study these phenomena, several researchers have used diverse model systems, including in vivo animals (Pereira et al., 2018) and in vitro cell culture models (Webb et al., 2017; Meng et al., 2019). Among these, animal surrogate models have been widely used (Pulaski and Ostrand-Rosenberg, 2000). However, they are extremely complex, and it is difficult to independently and selectively control each contributing factor and analyze the cause and effect. Further, the inherent differences between animal and human species result in inevitable failures in the prediction of pathophysiological progress (Martine et al., 2017). Conversely, in vitro models have the advantage of presenting simple and similar analyses owing to the use of human cells (Cho et al., 2018; Bu et al., 2019; Kim et al., 2020). In particular, the microfluidic model can present a system more similar to the human body compared to an animal model, owing to properties like the fluidic flow and shear stress (Sontheimer-Phelps et al., 2019; Mondadori et al., 2020). Moreover, since it is possible to cultivate two or more human cells simultaneously, it can be used to demonstrate intercellular communication, which is a critical point of research in cancer metastasis, including EMT and angiogenesis (Li et al., 2018; Lee et al., 2020). For these reasons, the microfluidic culture system has been used to study EMT and observe metastasis. Moreover, it is relatively easy to develop a microfluidic system for monitoring EMT and mesenchymal-epithelial transition (MET) during metastasis by replicating the capillary blood vessels and EMT-induced circulating tumor cells (CTC).

In this study, we designed a novel three-channel microfluidic chip for lymphatic metastasis by mimicking the lymph vessel-tissue-blood vessel (LTB) structure (Figure 1). The LTB chip consisted of a microfluidic chip that illustrated inflammatory cytokine-mediated EMT and angiogenesis in breast cancer, which involves the metastasis of tumor cells through the lymph vessel (Figure 1A). The lymphatic endothelial cells, which were critically affected by the CTCs, secreted vascular endothelial growth factor (VEGF), which induced angiogenesis and promoted breast cancer metastasis by promoting tumor invasiveness (Gong et al., 2019). The current in vitro microfluidic model of metastasis has focused on blood vessel-mediated metastasis. Recently, several microfluidic chips were developed to monitor the communication between cancer and lymph node, but this system was not showed the interaction with blood vessels (Shim et al., 2019). Also, a microfluidic model for analyzing cooperative effects of vascular angiogenesis and lymphangiogenesis was recently reported but this system was focused on direct interaction between blood and lymph vessel channels, not the effects of inflammatory cytokines (Osaki et al., 2018). Our newly designed LTB chip contained blood and lymph vessel channels to induce angiogenesis as a result of the EMT process of cancer cells (Figure 1B). Using this microfluidic chip platform, we reproduced and analyzed metastasis through the interaction between IL-6-treated cells and lymph and blood vessel channels (Figure 1C). This is the first study to replicate the metastasis process from EMT to angiogenesis in the lymph and blood vessel channels.


[image: Figure 1]
FIGURE 1. Schematic diagram of the lymph vessel-tissue-blood vessel (LTB) chip. (A) Interleukin 6 (IL-6) induces epithelial-mesenchymal transition (EMT) of cancer cells and enhances metastatic properties. (B) LTB chip is designed to mimic the metastasis process of circulating tumor cells (CTCs) in the lymph vessel channel including colonization and recruitment of blood vessel cells. (C) Illustration of in vivo lymphatic metastasis process. The dash-line box indicates where the LTB chip mimics.




MATERIALS AND METHODS


Materials

The silicone elastomer (polydimethylsiloxane, PDMS) was purchased from Dow Corning (Midland, MI), and the Matrigel matrix was purchased from Corning (Bedford, MA). IL-6 and other chemicals were purchased from Sigma-Aldrich (St. Louis, MO).



Fabrication of the LTB Chip

The microchannel structure of the LTB chip was fabricated using the replica molding technique. First, we designed the device in silico using a computer-aided design (CAD) program (Mun et al., 2020). We created a positive relief 100 μm pattern on a silicon wafer by cleaning and dehydrating a 6-inch wafer and coating it uniformly with SU-8, the photoresist, using a spin coater. Subsequently, the coated wafer was pre-baked at 65°C on a level hot plate until the solvent evaporated, and the density of the SU-8 film increased. The coated wafer was then exposed to UV light using a transparent photomask to obtain a positive relief microfluidic channel. The wafer was baked at 95°C on a hot plate for selective cross-linking, and the microfluidic channel was developed using a photoresist developer. Finally, the wafer was briefly rinsed with isopropyl alcohol and dried using nitrogen gas.

A negative replica of the mold was made with PDMS by attaching the disposable chamber to the mold. The PDMS solution was cured in a convection oven at 70°C for 1 h, and the replica was peeled from the mold. Subsequently, the basement (cover glass) was coated with 20 μm thick PDMS and pre-cured for 10 min to establish a stable and strong connection between the replica and the basement. The replica was attached to a PDMS-coated basement and cured for 2 h. To establish a stronger connection between the replica and the basement, air oxygen plasma was treated (5 min for replica and basement) in the attachment step. After, a hole was introduced from the top to the basement, to create an inlet and outlet. The fabricated LTB chip was then autoclaved and sterilized at 120°C for 30 min, washed with deionized water (DW), and stored under dry conditions.

The matrigel was injected into the middle channel of the autoclaved LTB chip to make a hydrogel block in the chip, and incubated at 37°C for 1 h, under humid conditions, to facilitate gelation.



Cell Culture

Three breast cancer cell lines (MCF-7, MDA-MB-231, and SK-BR-3) were obtained from ATCC (Manassas, VA). All cell culture media and supplements were obtained from Invitrogen (Carlsbad, CA) unless otherwise noted. MDA-MB-231 cancer cell lines were grown in RPMI 1640 media, while MCF-7 and SK-BR-3 cells were grown in Dulbecco's Modified Eagle Medium (DMEM). All media were supplemented with 10% fetal bovine serum (FBS) and 1% Penicillin-Streptomycin. Cells were grown at 37°C and 5% CO2 in a TC-grade Petri dish (BD Biosciences, San Jose, CA). The stem-like human breast cancer cell (S-HBCC) line and culture media were purchased from Celprogen (36102-29, Torrance, CA). These cells were grown at 37°C and 5% CO2 in a TC-grade Petri dish (BD Biosciences, San Jose, CA). The media was renewed every 3 days for all three breast cancer cell lines and every 2 days for the S-HBCC. The human umbilical vein endothelial cells (HUVECs, ATCC) and human lymphatic endothelial cells (HLECs) were purchased from ScienCell Research Laboratories and maintained in endothelial cell medium (ECM, Sciencell, San Diego, CA) at 37°C and 5% CO2. A matrigel coated culture plate was used to maintain HUVECs and HLECs coated with matrigel (1:20) in serum-free media for 1 h, to create a high-affinity surface with endothelial cells.



Cell Culture in the LTB Chip

Prior to the injection of endothelial cells, the inside of the LTB chip was filled with a fresh endothelial cell medium. To form a HUVECs and HLECs layer on the side of the hydrogel block in the LTB chip, each cell solution (300 μL, 1 × 107 cells/ml) was slowly added to the 90° rotated LTB chip and incubated for 12 h to let them attached on the surface of hydrogel block. Following the immobilization of the endothelial cells, fresh endothelial cell medium was added at a constant flow rate of 10 μL/min for 48 h, to form an endothelial cell layer on the side surface of the hydrogel block. Breast cancer cells were injected into the endothelial layer of the LTB chip with a flow rate of 5 μL/min for 6 h, and fresh cancer cell media was added continually. The entire process of cell culture and cell injection was performed in an incubator at 37°C and 5% CO2. For the tracking purpose, breast cancer cells were labeled with membrane staining dyes (Blue: BioTracker 400 Cytoplasmic Membrane Dye, SCT109, Sigma-Aldrich, Red: DiI, D282, ThremoFisher Scientific).



Image Acquisition

All images were acquired using a confocal laser scanning microscope (Zeiss LSM 710; Carl Zeiss, Oberko, Germany) with a 16-bit monochromatic CCD (Orca R2; Hamamatsu Photonics, Shizuoka, Japan), under the 10x objective lens (LUCPlan FLN, NA: 0.45; Olympus, Tokyo, Japan). Fluorescent images were acquired in three separate channels, sequentially, to minimize potential cross-talk effects. The entire surface of the chip was scanned using a motorized stage to identify CTCs, based on cell morphology and immunofluorescent staining.



Quantification of VEGF Protein Secreted From HLEC

Cellular supernatants were harvested from HLEC and assayed for the amount of vascular endothelial growth factor (VEGF) secreted using the VEGF Human ELISA Kit (Abcam Cambridge, MA). A total number of 20,000 cells were seeded in 96-well plates and allowed to adhere overnight. Subsequently, the cells were thoroughly rinsed with 1X PBS, and 200 μL of fresh RPMI complete media with IL-6 protein (100 ng/mL) was added to the cells. Cell cultures were incubated for 48 h, and the soluble supernatants were collected and assayed for VEGF protein, by ELISA, following the manufacturer's instructions.



Invasion Assay

The cell invasion ability was determined using a BioCoat Matrigel invasion chamber (BD Biosciences, Bedford, MA). The chamber membrane filter (pore size of 8 μm) was coated with a BD Matrigel Basement Membrane Matrix (BD Biosciences). The upper chamber was loaded with 25,000 cells in 0.5 mL of serum-free medium, and the lower chamber was filled with 0.75 mL of serum-containing medium. Following 22 h of incubation at 37°C and 5% CO2, the non-invading cells on the upper surface of the membrane were removed using cotton swabs. The invading cells on the lower surface of the membrane were washed in PBS, fixed in paraformaldehyde, and stained with Hoechst 33342. For each membrane filter, the number of invading cells in 10 randomly selected fields were counted under a confocal laser scanning microscope (Zeiss LSM 710; Carl Zeiss, Oberko, Germany).



RNA Extraction and RT-PCR Analysis

Total RNA was isolated using TRIzol (Invitrogen), and cDNA was synthesized from 2 μg of total RNA using the SuperScript III First-Strand Synthesis Kit (Invitrogen). Subsequently, PCR was carried out using the AccuPower PCR-Premix (Bioneer, Daejeon, Korea). The primer sequences and reaction conditions are listed in Supplementary Table 1. The relative band intensities were determined using a spectrum imaging system (UVP, Upland, CA, USA). The target mRNA levels were normalized to the control condition after the normalization with a signal obtained for glyceraldehyde-3-phosphate dehydrogenase (GAPDH) mRNA expression.



Statistical Analysis

All experiments were repeated at least five times. Data are shown as means ± standard deviations. Statistical significance was determined by Welch's t-test with differences considered statistically significant at a value of P < 0.05.




RESULTS


Characterization of IL-6-Treated Breast Cancer Cells

To mimic the cancer metastasis environment, a microfluidic chip was designed in situ. The IL-6-treated cancer cells (considered as CTC), colonization, and invasion were monitored using three parallel channels, lymphatic vessel channel, blood vessel channel, and the extracellular matrix between the channels. The middle channel was filled with hydrogel to replicate the three-dimensional extracellular matrix with a tissue. Lymphatic and vascular endothelial cells were immobilized to form a layer on the vertical side of the hydrogel channel in the LTB chip. Prior to the fabrication of the microfluidic chip, EMT was induced to the breast cancer cells by treating various kinds of cytokines and microRNAs that generally exist in the cancer environment and induce the EMT process. These include the transforming growth factor-β1 (TGF-β1) for triggering EMT-associated pathways (Pang et al., 2016), microRNA to regulate pro-metastatic genes (Bullock et al., 2012), and interleukin-6 (IL-6) to downregulate the expression of epithelial markers (Sullivan et al., 2009). After the generation of two endothelial cell layers with the hydrogel, the IL-6-treated breast cancer cells were injected into the lymphatic channel to emulate the cancer metastasis process in the microfluidic system. In this study, we used IL-6 to change the properties of various breast cancer cells from those of epithelial cells to mesenchymal cells.

The exposure of breast cancer cells to IL-6 induced dramatic morphological changes in the cells, from the epithelial to the mesenchymal structure. In Figure 2A, HER-2 positive human breast cancer cells (SK-BR-3) were ramblingly stretched and spread out, while the untreated cells presented a round shape. Apart from the morphological changes, the expression of surface markers on the IL-6-treated cancer cells almost reduced to half (Figure 2B). This alteration in the expression of surface markers indicates an inherent change in its cellular properties. This was confirmed by measuring the expression levels of three different surface markers, HER2, EGFR, and EpCAM, expressed on breast cancer cells, by immunofluorescence analysis (Figure 2A). Interestingly, following IL-6 treatment, only the non-stretched cells showed similar intensity in the expression of specific surface markers.
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FIGURE 2. Decrease of epithelial marker expression by interleukin 6 (IL-6). (A) Immunofluorescence analysis of breast cancer cell (SK-BR-3) with IL-6 treatment. After 2 days, dramatic morphological changes were shown with decrease surface marker expression (bottom row, IL-6 treated) compared to untreated condition (upper row, control). White arrows indicate cells that have morphology change and lower surface marker expression. (B) Comparison of surface marker signal intensity with IL-6 treatment. (C) RT-PCR results of EMT-related gene expression on different subtypes of breast cancer cells. The data represent means ± standard deviations (SD) of five different experiments (*p < 0.05, **p < 0.01). RT-PCR results are normalized with control after the normalization with GAPDH.


The morphological changes in SK-BR-3 cells were analyzed by reverse transcription-PCR (RT-PCR) through the measurement of representative epithelial and mesenchymal marker expressions (Figure 2C). After 48 h IL-6 exposure, the SK-BR-3 cells showed dramatic downregulation of E-cadherin and upregulation of N-cadherin which is a representative pattern of the EMT process. Moreover, these two proteins are closely related to cell adhesion, motility as well as morphology. Similarly, other subtypes of breast cancer cell lines including MCF-7 (luminal type), and MDA-MB-231 (basal type) also showed a decrease of E-cadherin and an increase of N-cadherin with Vimentin with IL-6 exposure while S-HBCC (cancer stem cell type) was not showed significant change. Consequently, IL-6 induced the EMT process to various subtypes of breast cancer cells except for the stem cell populations.

Additionally, we conducted an invasion assay to confirm the metastatic property of IL-6-treated cells following treatment with IL-6. To determine whether IL-6 exposure functionally enhanced the invasive capacity of breast cancer cells, we used a cell invasion chamber composed of Transwells and embedded with hydrogel. Prior to the seeding of breast cancer cells, HLECs were immobilized on the top side of the hydrogel in the invasion chamber to mimic the actual human lymph vessel. We found that the control and IL-6-treated breast cancer cells exhibited different degrees of invasiveness through the lymphatic, layered-hydrogel in the presence of FBS as a chemoattractant (Figure 3A). Every subtype of the IL-6-treated breast cancer cell except the S-HBCC was significantly (P-value < 0.01) more invasive and attained over a 5-fold increase compared to the control cells (SK-BR-3: 8-fold; MCF 7: 4.97-fold; and MDA-MB-231: 4.35-fold) (Figure 3B). The S-HBCCs showed high invasiveness from both control and IL-6 treated conditions while there were no significant changes, which is concordant with the lack of change in E-cadherin expression at a low level (Supplementary Figure 1). Therefore, IL-6 can induce the EMT process on various subtypes of breast cancer cells, except the stem-like subtype, and also enhances the invasiveness of tumor cells.


[image: Figure 3]
FIGURE 3. Improved invasiveness of IL-6-treated breast cancer cells with IL-6. (A) Confocal microscope images of IL-6 treated breast cancer cells. The upper row shows the top side of the hydrogel block with the HLEC layer and the lower row shows the bottom side of the hydrogel block. (Green: CD31, Blue: Nucleus) (B) Cell counting analysis after cell penetration through the hydrogel. IL-6-treated cells were obtained by IL-6 treatment for 2 days. The data represent means ± standard deviations (SD) of five different experiments (***p < 0.001).




Inducing VEGF Secretion From HLECs for Cancer Metastasis

According to the in vivo research, the interaction between IL-6 and lymphatic endothelial cells in lymphatic metastasis of breast cancer were induced angiogenesis (Lee et al., 2014a,b). To confirm the IL-6-mediated angiogenesis process in a human cell-based LTB chip can mimic a lymph system in the mouse model, 100 ng/mL IL-6 was treated with HLECs in culture media (Figure 4A). Among various angiogenic factors, VEGF was selected as a representative marker to follow in vivo research (Lee et al., 2014a). The concentration of secreted VEGF was analyzed with the ELISA assay. As expected, secretion of VEGF was stimulated with IL-6 treatment and linearly increased in a time-dependent manner while control condition didn't show VEGF secretion (data not shown). However, the amount of VEGF in media was saturated after 48 h of IL-6 exposure because of the consumption (Gao et al., 2017) or fast degradation (half-life 15.5 h, Kuribayashi, 2018) of IL-6 in batch culture condition.
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FIGURE 4. VEGF secretion of HLECs by IL-6 treatment. (A) Time-dependent VEGF secretion from HLECs under the IL-6 (100 ng/mL) contained HLEC maintain media. (B) Recruitment of blood vessel cells (HUVECs) growth test toward control (HLEC cultured media without IL-6 treatment) and IL-6 treated (HLEC cultured media with IL-6 treatment) conditions. The pseudo color was applied to show the depth profile.


The VEGF secreted from the lymphatic endothelial cell recruited the blood vessels from pre-existing vessels. To verify the angiogenic effect of cytokines secreted from HLEC with IL-6 treatment on HUVECs, a vascular endothelial cell, the Transwell platform-based density gradient system was utilized (Figure 4B). HUVECs were seed on the top side of a hydrogel block in Transwell. The area outside the Transwell was filled with HLEC cultured media with IL-6 for 2 days and HUVEC seeded side was filled with HUVEC culture media to eliminate the nutrient-taxis effects. After 5 days, HUVECs were vertically grown more than 100 μm toward the side containing the HLEC culture media while the control (HLEC cultured media for 2 days without IL-6) didn't show any distinctive change. It indicates that the level of VEGF secreted from HLECs was sufficient to communicate with HUVECs. As similar to the saturation of VEGF secretion in a batch culture condition, the vertical growth speed of HUVECs was also decreased with the consumption of VEGF (Jeong et al., 2011). Both issues with batch culture conditions can be overcome with the continuous supply of substrates (IL-6) by using the microfluidic chip system.



Monitoring of IL-6-Mediated Cancer Metastasis in the Microfluidic Chip

The LTB chip was fabricated with three-channel structures consisting of a lymph vessel channel, extracellular matrix, and blood vessel channel (Figure 5A). Three squared pillars separated the three channels and the middle channel was loaded with hydrogel (Figure 5B). Figure 5C demonstrates the three-dimensional matrix in the middle layer and the flow of fluid in the blood and lymph vessel channels independently, with permeation through the hydrogel. Two different endothelial cells were immobilized separately, HLECs and HUVECs. After the formation of an endothelial layer on the side of the hydrogel block, the breast cancer cells were injected for 6 h with IL-6 containing fresh media, to induce the EMT process on the cancer cells and facilitate VEGF secretion from HLECs. The flow rates of the fluid in the blood and lymph vessel channels were set differently to match in vivo conditions (lymph vessel channel: 5 μL/min, blood vessel channel: 15 μL/min). To validate the effects of IL-6 on HLECs and cancer cells in the microfluidic system, we obtained optical images of the cells in each fluidic channel. As expected, the injected breast cancer cells were attached to the sidewall of the lymph channel and colonized as a solid tumor (Figures 5D–G). Even though cancer cells were formed clusters in both control and IL-6 treated conditions, but invasion behavior was different. When breast cancer cells were colonized without IL-6, the shape of colonies was similar to spheroids with a plane surface (Figures 5D,E). Differently, IL-6 treated breast cancer cell colonies were stretched out to surrounding areas with sharp tip ends (Figures 5F,G). However, after 1 week from the colonization, the size of the colony reached around 100 μm and saturated (Figures 5H–J). Subsequently, the HUVECs were grown toward the lymphatic side, forming the shape of a tip (Figure 5K). Additionally, we found that when HUVECs were grown toward the lymph vessel channel, the tip end was headed to the cancer cell clustered site (blue labeled). It was known that breast cancer cell-HLEC co-culture induces higher secretion (up to 600%) of VEGF from HLECs with both SK-BR-3 (Tawada et al., 2014) and MDA-MB-231 cells (Lee et al., 2014b). Consequently, we successfully mimicked cancer metastasis, including the EMT process of breast cancer cells and angiogenesis of blood and lymph vessel channels in the microfluidic device.


[image: Figure 5]
FIGURE 5. Demonstration of lymphatic metastasis process in LTB chip. (A) Schematic diagram of the lymphatic metastasis process in LTB chip. (B) SEM image of the three-channel structure of LTB chip. Scale bar: 500 μm. (C) Hydrogel block formation in the middle channel. Hydrogel block showed prevention of direct connection between lymph channel and blood channel while small molecules can slowly diffuse to each side. (D–G) Colonization of control (D,E) and IL-6 treated SK-BR-3 cells (F,G) on the endothelial cell seeded hydrogel block. For (D) and (F), left side is lymph vessel channel and right side is blood vessel channel. Red: membrane dye (DiI) labeled cancer cells. (D) 3D confocal image of IL-6 non-treated SK-BR-3 and (E) 2D image on the HLEC layer. (F) 3D confocal image of IL-6 treated SK-BR-3 and (G) 2D image on the HLEC layer. (H–J) Microscopic image of colonized breast cancer cell in LTB chip (vertical section images). (H) Colonized breast cancer cell cluster on the surface of HLEC layer (pink color labeled (pseudo color), left side of hydrogel block). (I) Tissue penetration of cancer cells. (J) The surface of HUVEC layer (right side of the hydrogel block). (K) Growth of HUVECs toward lymph channel (left). Blue: membrane dye (BioTracker 400) labeled cancer cells.





DISCUSSION

In this study, we fabricated a microfluidic chip replicating the blood and lymph vessel channels in the human body and monitored the effects of inflammatory cytokine, IL-6, on breast cancer metastasis process at the in vitro condition. EMT was induced in the breast cancer cells by IL-6 treatment. Every subtype of breast cancer cell showed upregulation of mesenchymal-related gene profile, morphological changes as shown in Figure 2. The invasion assay revealed that the IL-6-treated breast cancer cells presented higher transvascular invasiveness compared to the untreated cells as shown in Figure 3. To fabricate the LTB chip, a three-channel microfluidic was designed for in situ monitoring of cancer cell colonization and invasion. The middle channel was filled with collagen-based hydrogel to replicate the tissues in vivo. HLECs and HUVECs were seeded to form a layer on the side of the hydrogel in the LTB chip. Subsequently, the IL-6-treated breast cancer cells were injected along with IL-6-containing media into the LTB chip, and the injected cells were monitored using a confocal microscope. The IL-6-treated breast cancer cells successfully immobilized and colonized on the HLEC layer and began invading into the inner side of the hydrogel layer. Subsequently, the HLECs were stimulated by IL-6 to secrete VEGF, which caused the HUVECs to grow toward the cancer cell clusters near the lymph channel as shown in Figures 4, 5. Even though the LTB chip showed recruitment of blood vessel cells in the chip, morphology of HUVECs in the angiogenesis process has to form the microvascular structure (Ko et al., 2019; Sewell-Loftin et al., 2020). It may happen by forming a small niche between the hydrogel block and bottom substrate during the gelation process. By addressing recent 3D printing-based in vitro metastatic model system, the current issue of our LTB chip can be covered and improved to closely mimicked in vivo system (Meng et al., 2019).

To this end, effects of IL-6 on lymphatic metastasis of breast cancer cell was mimicked and analyzed with a newly developed LTB chip, therefore, it can be utilized as an analysis platform for understanding the effects of various inflammatory cytokines on metastasis. Moreover, the LTB chip will offer a new platform to understand the interaction between the tumor microenvironment and the lymph system. The improvement of knowledge of subtype-specific tumor behavior in the lymph system will provide crucial information for early diagnosis, prognosis monitoring, and personalized therapy for breast cancer patients.
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Microfluidic technology enables recapitulation of organ-level physiology to answer pertinent questions regarding biological systems that otherwise would remain unanswered. We have previously reported on the development of a novel product consisting of human placental cells (PLC) engineered to overexpress a therapeutic factor VIII (FVIII) transgene, mcoET3 (PLC-mcoET3), to treat Hemophilia A (HA). Here, microfluidic devices were manufactured to model the physiological shear stress in liver sinusoids, where infused PLC-mcoET3 are thought to lodge after administration, to help us predict the therapeutic outcome of this novel biological strategy. In addition to the therapeutic transgene, PLC-mcoET3 also constitutively produce endogenous FVIII and von Willebrand factor (vWF), which plays a critical role in FVIII function, immunogenicity, stability, and clearance. While vWF is known to respond to flow by changing conformation, whether and how shear stress affects the production and secretion of vWF and FVIII has not been explored. We demonstrated that exposure of PLC-mcoET3 to physiological levels of shear stress present within the liver sinusoids significantly reduced mRNA levels and secreted FVIII and vWF when compared to static conditions. In contrast, mRNA for the vector-encoded mcoET3 was unaltered by flow. To determine the mechanism responsible for the observed decrease in FVIII and vWF mRNA, PCR arrays were performed to evaluate expression of genes involved in shear mechanosensing pathways. We found that flow conditions led to a significant increase in KLF2, which induces miRNAs that negatively regulate expression of FVIII and vWF, providing a mechanistic explanation for the reduced expression of these proteins in PLC under conditions of flow. In conclusion, microfluidic technology allowed us to unmask novel pathways by which endogenous FVIII and vWF are affected by shear stress, while demonstrating that expression of the therapeutic mcoET3 gene will be maintained in the gene-modified PLCs upon transplantation, irrespective of whether they engraft within sites that expose them to conditions of shear stress.
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INTRODUCTION

Hemophilia A (HA) is an X-linked genetic disorder caused by mutations in the factor VIII (FVIII) gene, resulting in the lack of functional clotting protein FVIII (Franchini and Mannucci, 2013). In plasma, FVIII circulates tightly bound to von Willebrand factor (vWF), a large multimeric glycoprotein produced in endothelial cells and megakaryocytes (McGrath et al., 2010).

The interaction between vWF and FVIII plays a critical role in the function, stability, and clearance of FVIII protein (Pipe et al., 2016), with changes in vWF concentration affecting overall FVIII levels (Lollar et al., 1988). For instance, the half-life of FVIII in the absence of vWF, as is the case in von Willebrand Disease, is around 3 h, while in the presence of vWF, FVIII half-life is 12 h (Over et al., 1978). The presence of vWF also plays a role in FVIII immunogenicity by shielding the epitopes of FVIII that common inhibitors recognize and preventing the uptake of FVIII by antigen-presenting cells (Dasgupta et al., 2007; Delignat et al., 2012).

We have previously reported that human placental cells (PLC) constitutively produce vWF (Morsi et al., 2018) and FVIII (El-Akabawy et al., 2020), and we developed a potential cell therapy platform by transducing human PLC with a lentiviral vector encoding a myeloid-codon-optimized (mco), bioengineered FVIII transgene that contains high-expression elements from porcine FVIII (ET3) (PLC-mcoET3) (El-Akabawy et al., 2020). Moreover, PLC-mcoET3 secreted FVIII protein with functional procoagulant activity at therapeutic and clinically meaningful levels (El-Akabawy et al., 2020). In addition, after prenatal administration, these cells are thought to lodge in perivascular sites, such as the liver sinusoids (Almeida-Porada et al., 2017), and therefore are subjected to shear stress from fluid flow. vWF has been shown to respond to fluidic shear stress by changing conformation, binding affinity, and protein activity (Vergauwe et al., 2014), but whether and how shear stress affects the amount of vWF secreted has not been explored. Moreover, the role of shear stress from fluid flow on FVIII production and secretion, to our knowledge, has not thus far been described.

These studies used a microfluidic platform designed to generate physiologically relevant levels of shear stress, to investigate how fluidic flow impacted the production and secretion of vWF, FVIII, and mcoET3 in PLC-mco-ET3. The results showed that shear stress did not affect levels of mcoET3, but downregulated the production of both FVIII and vWF in PLC-mco-ET3. In addition, the studies provided new mechanistic insights into how shear stress can decrease the production of both FVIII and vWF by increasing miR-30c and miR-10a via Kruppel-like Factor 2 (KLF2) (Wang et al., 2006), through mechanotransduction by integrins via the SRC and SHC1 proteins. These findings are of particular importance with respect to using the gene-modified PLCs for therapy, as they show that mcoET3 expression will persist unabated, irrespective of whether the transplanted PLCs engraft within regions that expose them to conditions of shear stress.



MATERIALS AND METHODS


Culture and Transduction of Human Placental Mesenchymal Cells

Human placentas were obtained from full-term deliveries after informed consent, according to the guidelines from the Office of Human Research Protection at Wake Forest Health Sciences. Primary placental mesenchymal cells (PLC) were isolated from the placental chorionic layer after enzymatic digestion and grown in placental cell growth media (PCGM) consisting of α-minimum essential medium (α-MEM) supplemented with 17% AmnioMAX Basal Media, 15% fetal bovine serum (FBS), 2% AmnioMAX Supplement, 1% GlutaMAX, and 2.5 mg/mL gentamicin (ThermoFisher Scientific, Wilmington, DE, United States) (El-Akabawy et al., 2020). PLC were transduced with an HIV-based lentiviral vector encoding a myeloid codon-optimized (mco) B domain-deleted human/porcine hybrid FVIII transgene (ET3), termed mcoET3, at a multiplicity of infection of 10 transducing units/cell (El-Akabawy et al., 2020). Transduced cells (PLC-mcoET3) were passaged at 70–80% confluence using TrypLE (ThermoFisher Scientific, Wilmington, DE, United States) and PLC-mcoET3 were used in these studies after they had been passaged a minimum of three times post-transduction to ensure the absence of any episomal vector. Vector copy number (VCN) was determined using the Lenti-X proviral quantitation kit (Takara Bio, Mountain View, CA, United States) according to the manufacturer’s instructions, and established that PLC-mcoET3 had a VCN of 0.93.



Manufacturing of Polydimethylsiloxane



Microfluidics Devices

Single-use microfluidic devices were manufactured as previously described (Aleman et al., 2019) using polydimethylsiloxane (PDMS) (10:1 Sylgard 184 silicone elastomer and curing agent, respectively, Dow Corning, Midland, MI, United States). AutoCAD was used to design a 2-dimensional layout of channels that were 0.9 mm wide by 15 mm long. Two layers of double-sided tape (3 M, Maplewood, MN, United States) were then pressed onto a glass slide (VWR, Radnor, PA, United States) to reach the desired channel height of 200 μm. The tape was then laser cut into the designed layout and the outer tape was removed to leave a negative mold of the device channels. The glass slide was then taped around the perimeter to a sheet of aluminum foil that was folded up to create a boat that could hold the PDMS prior to polymerization. PDMS was then dispensed over the mold and allowed to cure to make the device with channels of the specified dimensions. Next, we covered a glass slide with the epoxy-based negative photoresist SU8 (MicroChem, Westborough, MA, United States) and pressed the PDMS device onto the SU8 to fill the channels. SU8 was solidified with UV light to make a permanent mold for production of more PDMS devices. A blunt needle was then used to punch inlet and outlet holes at the ends of the channels in the PDMS device, and the open side of the channels as well as a clean glass slide was then plasma-treated and permanently adhered to create a closed microfluidic device. The device was immediately seeded with cells by resuspending 300,000 PLC-mcoET3 in 200 uL of media, pipetting the cell suspension into a single channel, and incubating overnight to allow the cells to adhere to the channel and form a confluent monolayer to avoid subsequent proliferation. Alternatively, the device was first filled with 200 μL of 0.05% gelatin and allowed to solidify for 15 min, after which the excess gelatin was removed. The gelatin coating was used to provide a softer and more physiological environment for the cells. Tubing was then placed into the inlets and outlets and connected to a reservoir of media.



Manufacturing of Polymethylmethacrylate Devices

Polymethylmethacrylate devices single-use microfluidic devices were manufactured by designing a 2-dimensional layout of the required channel, which was 50 mm long and 3 mm wide, and had a height of 1.5 mm corresponding to the thickness of the PMMA (McMaster-Carr, Elmhurst, IL, United States). This “channel layer” was fabricated by laser cutting the desired channel dimensions into a sheet of PMMA with a layer of double-sided tape adhered to either side. A solid sheet of PMMA (with no channels) served as the base layer, and the inlet layer was created by laser cutting holes in an additional sheet of PMMA to enable attachment of inlet and outlet tubing. These pieces were then sterilized with UV light (365 nm, 7 W cm–2) for at least 20 min. Subsequently, the base and channel layers were attached (with the double-sided tape) to form channels with an open top. The floor of this channel was coated with gelatin by pipetting 300 μL of 0.05% gelatin and allowing it to solidify for 15 min, after which excess gelatin was removed. This quantity of gelatin was necessary to prevent a meniscus effect that caused the center of the channel to remain bare of gelatin. The gelatin-coated device was seeded with 300,000 cells, which were allowed to attach overnight. This cell number was chosen to ensure the cells, upon attachment, formed a confluent monolayer to avoid subsequent proliferation. During this time, tubing was glued to the inlet and outlet holes of the inlet layer with epoxy. On the following day, when the cells had adhered to the floor of the channel, the inlet layer was attached to the top of the channel layer with double-sided tape to form a closed microfluidic device and the tubing connected to a separate well of 1.5 mL of media and hooked up to a peristaltic pump to flow media through the device to generate a set flow rate. Devices were discarded after use, and a new device was created for each experiment.



Induction of Shear Stress on the Microfluidics Devices’ Cell Layers

Poiseuille’s law [image: image] was used to determine the flow rate (Q) required to generate shear stresses (τ) of 0.5 or 0.05 dyne/cm2, given the height (h) and width (w) of the channel, and the viscosity (η) of 0.96 mPa⋅s to match previously measured cell culture media with similar levels of FBS. A four-channel precision micro peristaltic pump (Elemental Scientific, Omaha, NE, United States) was used to circulate cell culture media (1.5 mL) from the reservoir, through the device using 1.14 mm inner diameter tubing connected to the peristaltic pump, set at 10 and 100 rpm as determined to be required to generate the desired flow rate. The device was left in flow for 24 h before the cells and supernatant were collected for analysis.



Computational Fluid Dynamics Analysis

The devices were created in Autodesk Fusion 360 (Autodesk, San Rafael, CA, United States) with a single solid piece to model each device, with a second separate piece created to model the media inside of the channel and in the inlet and outlet. The material of the device was set to acrylic and the material of the fluid was set to water to approximate the actual material of our devices and the properties of our media. A boundary condition of the flow rate applied by the peristaltic pump was set to the inlet and default settings were used to generate the mesh before the model was solved for the shear stress and visualized.



Protein Quantification

Cell culture supernatant was collected at the 24-h time point, immediately centrifuged to remove cell debris, aliquoted, and frozen at −80°C. After supernatant collection, PLC-mcoET3 were harvested, counted as described below, and the cell number for each sample recorded. FVIII activity in the supernatant was quantified using aPTT assays, which were performed by the Wake Forest Baptist Medical Center Special Hematology Laboratory in accordance with standard clinical procedures, using a Top 300 CTS clinical coagulometer (Instrumentation Laboratories, Bedford, MA, United States). Quantification of vWF protein in the supernatants was determined by using a vWF-specific ELISA (ThermoFisher Scientific, Wilmington, DE, United States), as detailed in the Supplementary Material. The presence of interferon-γ in the supernatant was also measured using a high-sensitivity human ELISA Kit (assay range: 0.16−10.0 pg/mL) (ThermoFisher Life Technologies, Carlsbad, CA, United States), as detailed in the Supplementary Material.



Cell Staining

Immediately after supernatant removal, cells were washed 3X with PBS (ThermoFisher Scientific, Wilmington, DE, United States) before fixing for 1 h in 4% paraformaldehyde (Electron Microscopy Sciences, Hatfield, PA, United States). To decrease background fluorescence, cells were treated with 0.1% sodium borohydride (Sigma-Aldrich, St. Louis, MO, United States) in PBS for 10 min, washed, and then blocked with blocking buffer [10% normal goat serum (NGS) in PBS], and finally washed with 2% NGS in PBS (working buffer). Mouse anti-human FVIII (Bio-Rad Laboratories, Hercules, CA, United States) at a dilution of 1:1,000 and rabbit anti-human vWF (Abcam, Cambridge, United Kingdom) at a dilution of 1:100 in working buffer were added, and the devices were placed on a shaker for 20 min before then being placed at 4°C overnight. The devices were washed with working buffer, and donkey anti-mouse Alexa Fluor 594 and mouse anti-rabbit Alexa Fluor 488 secondary antibodies (Invitrogen, Carlsbad, CA, United States) diluted 1:400 in working buffer were added to the devices and incubated for 30 min on a shaker. After washing with PBS, DAPI at a dilution of 1:1,000 was added for 5 min, followed by an additional wash before being coverslipped and imaged. The cells were then imaged in representative areas of each device using an Olympus BX30 microscope with a 10X objective.



Image Analysis

DAPI images were imported into ImageJ and a threshold was run to remove the background fluorescence fully and leave only the cell nuclei. A particle analysis in ImageJ was performed to precisely quantify the number of cells that were present in the image. Three representative images for each sample were analyzed to achieve an average cell count within one frame, and this value was multiplied by a scaling factor to estimate the total number of cells present in each device. This total cell number was then used to normalize our protein production and secretion results to the number of cells present.



Flow Cytometric Analysis of Cell Surface Integrins

Flow cytometric evaluation of PLC-mcoET3 was performed by staining 105 cells per tube in 50 μL of BD Horizon Brilliant Stain Buffer with 10 μL of directly conjugated antibodies against CD61/Alexa Fluor 488, CD49a/PE, CD49e/BB700, and Integrin αvβ5/Alexa Fluor 647 (Becton Dickinson Biosciences, San Jose, CA, United States). Cells were washed with PBS with 0.1% Na Azide (Sigma-Aldrich, St. Louis, MO, United States) and centrifuged for 5 min at 1,500 rpm. The cells were resuspended in 500 μl of 1% paraformaldehyde (Electron Microscopy Sciences, Hatfield, PA, United States) in PBS. Background fluorescence was set using non-specific isotype-matched antibodies with respective fluorochromes. Cells were analyzed using a BD Accuri-C6 and data assessed using the FlowJo software using CD49a (Integrin α1) as selection criteria for PLC since 100% of the cells expressed this marker (Becton Dickinson Immunocytometry Systems, San Jose, CA, United States).



RNA Extraction

RNA was extracted from devices immediately after the flow was stopped and the media removed, by adding RNAprotect (QIAGEN, Valencia, CA, United States) directly to the cells and scraping the gelatin layer with a pipette tip to ensure that all the cells were detached. The RNAprotect containing the cells was then collected and the RNeasy Mini Kit (QIAGEN, Valencia, CA, United States) was used as detailed in the Supplementary Material. Since sample contamination with gelatin present in the wells clogged the spin columns provided in the RNeasy kit, alternatively, samples were collected by adding TRIzol Reagent (ThermoFisher Scientific, Wilmington, DE, United States) directly to the cells, and RNA was isolated as detailed in the Supplementary Material. The use of TRIzol allowed high-quality RNA to be extracted at high yield (Alves et al., 2016). RNA integrity and purity were then verified using the Agilent RNA 6000 Nano Kit, as described in the Supplementary Material (Agilent Technologies, Santa Clara, CA, United States).



Quantitative Reverse Transcription PCR

Quantitative reverse transcription PCR (RT-qPCR) was performed by generating cDNA from the collected RNA using the Omniscript RT kit (QIAGEN, Valencia, CA, United States), as described in the Supplementary Material. RNA was quantified using a NanoDrop 2000 (ThermoFisher Scientific, Inc., Wilmington, DE, United States), and RNA integrity was assessed using the Bioanalyzer RNA 6000 Nano assay and 2100 Bioanalyzer (Agilent, Santa Clara, CA, United States). RNA samples were then normalized to have a concentration of 20 ng/μl. 10 ng of DNA-free RNA was converted into cDNA using an Omniscript RT kit (Qiagen, Valencia, CA, United States). SYBR Green-based qPCR was conducted using PrimeTime qPCR Primer Assays (Integrated DNA Technologies, Inc., Coralville, IA, United States) using primers specific to: (1) the 3′ untranslated region (UTR) of FVIII (3′ UTR); (2) the modified FVIII transgene (mco-ET3); and (3) vWF. Human GAPDH served as an internal reference/housekeeping gene and was amplified using commercially available primers (Cat. Number PPH00150E, Qiagen, Valencia, CA, United States). The qPCR master mix was loaded into MicroAmpTM Optical 96-well reaction plates and processed in the 7300 QuantStudio 3 RealTime-PCR system (Applied Biosystems, Foster City, CA, United States).

FAM-based qPCR using commercially available primers for KLF2, miR10a, miR30c, and GAPDH (ThermoFisher Scientific, Inc., Wilmington, DE, United States) was performed using TaqMan. TaqMan Fast Advanced master mix was loaded into MicroAmpTM optical 96-well reaction plates and processed on a 7300 QuantStudio 3 RealTime-PCR system on the 96-well fast setting (Applied Biosystems, Foster City, CA, United States).

Fold-change of mRNA for a specific gene was calculated by the ΔΔCT method. First, the average CT of the housekeeping gene (GAPDH) for each sample was subtracted from the average CT of the gene of interest to obtain ΔCT. The average of the static ΔCT was calculated and subtracted from each individual static and flow ΔCT to obtain the individual ΔΔCT values. The fold-change was then calculated using 2−ΔΔCT. RT2 ProfilerTM Human Focal Adhesion PCR Array (QIAGEN, Valencia, CA, United States) was performed as described in the Supplementary Material to investigate the impact of shear stress on cell-extracellular matrix (ECM) adhesion.



Statistical Analysis

Experimental results are presented as the mean plus/minus the standard error of the mean (SEM). All statistical analysis was performed using the R coding language in RStudio (RStudio, PBC, Boston, MA, United States). One-way ANOVA was employed for multiple comparisons. A p value <0.05 was considered statistically significant. Statistical analysis of the RT2 ProfilerTM PCR Array was performed using the RT2 Profiler RNA QC PCR Array Data Analysis Spreadsheet 1808 (Qiagen, Valencia, CA, United States).



RESULTS


Manufacturing and Evaluation of Microfluidic Devices

To determine the effect of fluidic laminar shear stress on PLC transduced with a lentiviral vector encoding a mco bioengineered FVIII containing high expression elements from porcine FVIII (PLC-mcoET3), we manufactured several microfluidic devices designed to induce shear stresses similar to those generated in sites where PLC-mcoET3 lodge after prenatal transplantation (Almeida-Porada et al., 2017), such as the liver sinusoids. Specifically, we wanted to investigate whether shear stresses affected constitutive production and secretion of FVIII and vWF and/or expression of the mcoET3 transgene by PLC-mcoET3. The first microfluidics devices were fabricated using PDMS, as described in detail in the Materials and Methods and shown in Figures 1A,B. The devices were connected to a peristaltic pump (Figure 1C) to produce the necessary flow rates to reproduce the level of shear stress present within the liver sinusoids in vivo, assuming a flow velocity of 500 μm/s and a vessel inner diameter of 5 − 10 μm (Lalor and Adams, 1999). Poiseuille’s law was used to calculate the necessary flow rate in the devices to reach the desired level of shear stress, as described in the Materials and Methods. A static control device was manufactured to hold 1.5 mL of media, the same amount of media as the “in-flow” devices plus reservoir. After the media circulated within the device for 24 h, the supernatant was collected and the PLC-mcoET3 were stained and counted as described in the Material and Methods. Computational fluid dynamics was used to determine the levels of shear stress experienced by PLC. Analysis showed that PLC was experiencing either 0.05 or 0.5 dyne/cm2 throughout the channel, with a slight increase in the very center of the channel (Figures 1D,E).
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FIGURE 1. Design, Manufacturing, and Analysis of Microfluidic PDMS Devices. (A) To determine the effect of fluidic laminar shear stress on PLC transduced with a lentiviral vector encoding a myeloid codon-optimized bioengineered FVIII containing high expression elements from porcine FVIII (PLC-mcoET3), we designed and manufactured PDMS devices with the soft lithography method and adhered them to plasma-treated glass to form a closed channel. (B) Representative image of single-use PDMS device. (C) Upon completion, devices were connected to a reservoir of media and to a peristaltic pump to flow media through the devices to generate shear stresses of 0.05 or 0.5 dyne/cm2. (D,E) Computational fluid dynamics analysis showing shear stress maps at the base of the channels, demonstrating that PLC were experiencing either (D) 0.05 dyne/cm2 or (E) 0.5 dyne/cm2 throughout the channel, with a slight increase in the very center of the channel. (F) IFNγ secretion by PLC on microfluidic devices. PLC cultured on plasma-treated glass slides produced IFNγ while cells cultured on a PMMA device did not (n = 3).


Although these devices were effective in generating fluid flow at the desired rates, they often leaked from either the glass-PDMS interface or the tubing inlet and outlet. In addition, PDMS and glass have been reported to be able to initiate the activation of the intrinsic coagulation cascade, which could potentially lead to activation of FVIII in the supernatant of the cultured PLC-mcoET3, thereby skewing the measured FVIII activity (van Oeveren et al., 2002). Moreover, since placental tissues produce IFNγ upon stress (Banerjee et al., 2005) and IFNγ has been shown to have an effect on the production of tissue factor, which plays an important role in initiation of the coagulation cascade (van der Poll et al., 2001), we also used a high-sensitivity ELISA to test the culture supernatants of PLC-mcoET3 cultured in the devices to account for FVIII activation related to induced cell stress. Figure 1F shows that culturing PLC-mcoET3 on PDMS-on-glass led to an increase in IFNγ secretion (n = 3).

In order to overcome the limitations described above, we next coated the inside of the devices with gelatin. This resulted in uneven channel surfaces, irregular flow rates, and clogging. It also proved difficult to harvest cells or extract RNA from cells within devices, which was needed to analyze the effects of shear stress on the cells. These challenges led us to develop another device that would overcome the current issues.

Polymethylmethacrylate devices has successfully been used in microfluidic devices to assess whole blood coagulation (Maji et al., 2018). Therefore, we next laser cut polymethyl methacrylate (PMMA) into several layers: a solid base layer, a layer with channels cut out, and a layer with holes at either side of the channel to use as inlets and outlets as is displayed in Figure 2A. These three layers of PMMA were held together using double-sided tape as described in the Materials and Methods. The need to easily collect cells, and RNA from the cells, within our devices led to the design of larger channels that would hold larger numbers of cells and could be opened to use like a well. The channels within these devices were 1.5 mm tall and 3 mm wide with a length of 50 mm and were coated with gelatin and seeded with 300,000 cells per channel (Figure 2B). The devices were hooked to the peristaltic pump (Figure 2B) to generate a flow rate able to produce the calculated shear stress of 0.05 and 0.5 dyne/cm2. Static control devices were also manufactured by adhering multiple 3 mm thick channel layers of PMMA on top of a single base layer to generate a well large enough to hold 1.5 mL of media (Figure 2C), the same amount of media used in the “in flow” devices. Evaluation of culture supernatants for the presence of IFNγ demonstrated that PLC-mcoET3 cultured in the PMMA devices did not secrete this cytokine (n = 3) (Figure 1F). Bright field images of the cells within the devices were taken after 24 h in either static or flow conditions. Static devices show a random distribution of PLC within the devices (Figure 2D, left). After PLC experienced shear stress of 0.05 dyne/cm2 for 24 h, they exhibited flow-induced changes in shape (Figure 2D, center). Further changes in morphology were seen in PLC that experienced the higher shear stress of 0.5 dyne/cm2 (Figure 2D, right).
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FIGURE 2. Design, Manufacturing, and Analysis of Microfluidic PMMA Devices. (A) PMMA devices were manufactured by adhering three laser-cut layers of PMMA and double-sided tape. (B) Representative image of single-use PMMA devices. These were connected to a reservoir of media and to a peristaltic pump to flow media through the devices to generate shear stresses of 0.05 or 0.5 dyne/cm2. (C) Static control devices were made by including multiple thicker channel layers to form a deep well to hold the same amount of media. Representative image of single-use static control PMMA devices. (D) Bright field images (5X magnification) of PLC in either static (left) or flow conditions (center and right). After PLC experienced shear stress of 0.05 dyne/cm2 for 24 h, they exhibited flow-induced changes in shape (center) with further changes in morphology seen after PLC experienced the higher shear stress of 0.5 dyne/cm2 for 24 h (right). (E) Computational fluid dynamics analysis showing shear stress maps at the base of the of channels, demonstrating that shear levels ranged from 0.05 dyne/cm2 at the edges to a slightly elevated shear stress of 0.06 dyne/cm2 in the center of the channel. (F) Computational fluid dynamics analysis showing shear stress maps at the base of the channels, demonstrating that the shear stress at the edges of the channel was 0.5 dyne/cm2, with a gradual increase to 0.7 dyne/cm2 in the center of the channel.


Computational fluid dynamics analysis was used to determine the levels of shear stress that PLC was experiencing in the devices. Analysis of the PMMA devices under conditions that were used to generate about 0.05 dyne/cm2 was shown to create shear levels ranging from 0.05 dyne/cm2 at the edges to a slightly elevated shear stress of 0.06 dyne/cm2 in the center of the channel (Figure 2E). In PMMA devices under conditions set to generate 0.5 dyne/cm2, the variation was larger. Analysis showed that the shear stresses at the edges of the channel were 0.5 dyne/cm2, but this gradually increased to 0.7 dyne/cm2 in the center of the channel (Figure 2F). Of note is that all of the channels had increased shear stress in the area around the inlet and outlet of the devices, but this effect was not seen throughout the majority of the device.



Evaluation of FVIII and vWF Secretion From PLC-mcoET3 Under Static and Shear Stress Conditions

After PLC-mcoET3 was stably seeded in the channels of the devices, the media was changed and media was circulated through the devices at the shear stresses described above. After 24 h, the media was collected, briefly spun down, and frozen, to determine the FVIII activity as well as vWF content at a later time point. The inlet layer of the devices was then removed, and the cells stained with DAPI and imaged as shown in Figure 3A. These images were then analyzed in ImageJ (Figure 3B) as described in detail in the Materials and Methods to determine the total number of cells in each channel. The total number of cells in each channel was then used to normalize the quantification of proteins within the supernatant to 106 cells. Quantification of fVIII/mco-ET3 activity in the supernatants was performed as previously described (El-Akabawy et al., 2020) using an activated prothrombin time (aPTT). PLC-mcoET3 under static conditions produced 3.69 ± 0.4 IU/106 cells/24 h of fVIII/mco-ET3 (n = 15), but under the shear stresses of 0.05 and 0.5 dyne/cm2 fVIII/mco-ET3 secretion significantly reduced to 2.03 ± 0.2 IU/106 cells/24 h (n = 11) and 1.99 ± 0.2 IU/106 cells/24 h (n = 10), respectively (Figure 3C) (p < 0.05). However, no significant difference in fVIII/mco-ET3 was found in supernatants of cells subjected to 0.05 and 0.5 dyne/cm2 (Figure 3C). A human vWF-specific ELISA was used to determine vWF concentration in the supernatants of PLC-mcoET3 under static and fluidic flow conditions. In static settings, PLC-mcoET3 produced 339.9 ± 25 ng/106 cells/24 h (n = 15) of vWF, but this concentration decreased significantly (p < 0.05) to 216.89 ± 32 ng/106 cells/24 h in conditions of low shear stress (n = 9), and at a higher shear stress, vWF in supernatants was further reduced to 123 ± 20 ng/106 cells/24 h (n = 9) (p < 0.05) (Figure 3D).
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FIGURE 3. Quantification of the protein production and secretion from PLC-mcoET3 under conditions of shear stress. (A) Representative image of cell quantification: In order to quantify the number of cells in the devices, they were first stained with DAPI, and then (B) a black and white threshold was applied before a particle analysis was performed in ImageJ to count cells in representative areas. This count was scaled to the full area of the device channel and used to normalize our data to cell count. (C) fVIII/mcoET3 activity in PLC-mcoET3 supernatants was significantly reduced in conditions under flow when compared to static conditions (static conditions n = 15; 0.05 dyne/cm2 n = 11; and 0.5 dyne/cm2 n = 10) (p < 0.05). No difference in fVIII/mco-ET3 activity was found between shear stress conditions of 0.05 dyne/cm2 and 0.5 dyne/cm2. (D) ELISA was used to measure the vWF protein concentration in the supernatant (static conditions n = 15; 0.05 dyne/cm2 n = 9; 0.5 dyne/cm2 n = 8). vWF concentration in supernatants from PLC-mcoET3 under shear rates of 0.05 dyne/cm2 were significantly decreased when compared to those of under static conditions (p < 0.05). At the higher shear rate of 0.5 dyne/cm2, vWF concentration was significantly decreased when compared to both 0.05 dyne/cm2 (p < 0.05) and to static conditions (p < 0.05). (E) RNA expression of these proteins was examined with RT-qPCR performed in triplicate (endogenous FVIII n = 6; mcoET3 n = 5; and vWF n = 3). Endogenous/constitutive expression of both FVIII and vWF mRNA was decreased significantly at both shear rates (p < 0.05). However, mcoET3 mRNA expression was not affected by conditions of flow. *p < 0.05.




Evaluation of FVIII, mcoET3, and vWF mRNA Under Static and Shear Stress Conditions

Quantitative reverse transcription PCR with primers specific to vWF, the FVIII 3′ UTR (to measure constitutive levels of endogenous FVIII mRNA), and to the mco-ET3 transgene was performed to determine whether the decrease in FVIII and vWF protein by conditions of flow was due to a decrease in mRNA. Figure 2E depicts fold-change in levels of vWF, FVIII, and mcoET3 mRNA when compared to static conditions. Endogenous FVIII mRNA decreased by 10-fold and 11.3-fold when cells were placed at a shear stress of 0.05 dyne/cm2 and 0.5 dyne/cm2, respectively, when compared to static conditions. In similarity, vWF mRNA decreased fivefold at the lower shear stress and 8.4-fold when cells were subjected to the higher shear stress. However, mcoET3 mRNA was not significantly affected by any conditions of flow (Figure 3E).



Determining the Impact of Fluidic Shear Stress on PLC-mcoET3 Integrin Expression

Cells sense mechanical stimuli, such as fluidic shear stress, through several mechanosensitive molecules including integrins (Martino et al., 2018). We, therefore, next investigated if and how conditions of shear stress impacted integrins expressed by PLC-mcoET3. We used flow cytometry to characterize the expression of integrins α1 (n = 4), α5 (n = 4), β3 (n = 4), and αvβ5 (n = 4), which have previously been reported to be affected by shear stress. Shear stress at 0.05 dyne/cm2 and 0.5 dyne/cm2 did not affect the percentage of cells positive for integrins α1, α5, β3, or αvβ5 (Figure 4A). To investigate if the levels of integrin expression were altered under flow, mean fluorescent intensity (MFI) was also calculated (Figure 4B), and no statistically significant difference in cell surface integrin expression was found between cells in static conditions and the cells under fluidic shear stress.
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FIGURE 4. Investigating molecular pathways involved in mechanotransduction in PLC-mcoET3. (A) Flow cytometric analysis of integrins which have previously been reported to be affected by shear stress (n = 4 for each integrin). Shear stress did not affect the percentage of cells positive for any of the integrins studied. (B) Mean fluorescent intensity (MFI) obtained by dividing each integrin MFI by the respective isotype’s MFI (n = 4) was also used to investigate differences in cell surface integrin expression. No statistically significant differences were found between cells in static conditions and the cells under fluidic shear stress. (C) PCR array-based pathway-focused gene expression analysis on RNA isolated from the PLC-mcoET3 cultured under static conditions (n = 3) and conditions of shear stress (0.5 dyne/cm2) to examine possible shear-responsive pathways affected by shear stress (n = 3) demonstrating upregulation (+fold change) or downregulation (- fold change) of several genes related to shear-sensing pathways. (D) Mechanotransduction of the SRC pathway and FAK through beta integrins initiates the ERK pathway as a possible mechanism for the flow regulation of PLC-mcoET3. (E) RT-qPCR to quantify KLF2 (n = 6), miR10a (n = 4), and miR30c (n = 3) under static and flow conditions demonstrated that KFL2, miR10a, and miR30c are significantly increased under flow (p < 0.05). *corresponds to p < 0.05.




Investigating Molecular Pathways Involved in Mechanotransduction in PLC-mcoET3

Although differences in integrin protein expression were not found to be statistically significant between static and the different fluidic shear conditions, the data showed that shear stress-sensitive integrins are present on PLC-mcoET3, suggesting that signaling through the expressed integrins could be responsible, at least in part, for the alterations observed in PLC-mcoET3 in conditions of flow. Therefore, we next performed PCR array-based pathway-focused gene expression analysis on RNA isolated from the PLC-mcoET3 cultured under static conditions and conditions of shear stress (0.5 dyne/cm2) to elucidate the molecular pathways responsible for the observed flow-induced alterations in expression of FVIII and vWF. Because integrity of RNA molecules is crucial to be able to replicate the gene expression signature at the precise moment of RNA extraction (Schroeder et al., 2006), the quality of all isolated RNA samples was tested on an Agilent 2100 Bioanalyzer, and only samples with an RNA integrity number (RIN) higher than eight were used.

The full results of this array analysis can be found in Supplementary Figure 1. Of interest was that, in addition to the upregulation/downregulation of several beta integrins, analysis of our focused array data also showed a 2.2-fold and a 1.5-fold increase in SRC and SHC1 gene expression, respectively (Figure 4C). These proteins are known to be involved in the process of shear mechanotransduction through their association with specific integrins in a pathway that uses shear mechanotransduction to initiate the ERK pathway through GRB2, as portrayed in Figure 4D. Importantly, this SRC/SHC1-driven activation of the ERK pathway has been shown to mediate the shear-dependent increase in levels of the zinc finger transcription factor lung Krüppel-like factor (KLF2) (Wang et al., 2006), which can regulate the transcription of vWF (Dekker et al., 2006). We therefore next performed RT-qPCR-based studies to investigate whether KLF2 was playing a role in the downregulation of endogenous expression of FVIII and vWF in PLCs and identify the responsible downstream effectors. As can be seen in Figure 4E, culture of PLCs in conditions of flow/shear stress (0.5 dyne/cm2) led to a statistically significant (p < 0.05) ∼2-fold increase in KLF2 mRNA levels compared to PLCs cultured in static conditions.

Shear stress has also been shown to induce the expression, nuclear accumulation, and association of retinoid acid receptor-α (RARα) and retinoid X receptor-α (RXRα). RARα and RXRα then serve as a “director” and an “enhancer,” respectively, to augment RARα binding to RA-responsive element (RARE) and thereby enhance miR-10a expression, in a KLF2-dependent fashion. Since GATA6 contains a target site for miR-10a (Lee et al., 2017) and GATA6 is known to bind to the promoter of vWF to activate its transcription (Wang et al., 2004), we next performed RT-qPCR to quantitate levels of miR-10a in PLCs cultured in static vs. flow conditions. These analyses Figure 4E showed a marked 3.3-fold upregulation of miR-10a (p < 0.05).

Next, we performed studies to investigate why exposure of PLC-mcoET3 to conditions of flow/shear stress markedly reduced the levels of mRNA for endogenous FVIII while having no effect on expression of the lentiviral vector-driven expression of mcoET3. Human FVIII and mcoET3 share greater than 90% identity at the nucleotide level, thus we reasoned that the differential response of these two FVIII molecules by flow must arise as a result of differences in their regulatory elements. A key difference between the endogenous/native FVIII transcript and that produced from the lentiviral vector is the absence of the 3′ untranslated region (UTR) in the vector-encoded mcoET3, which is derived from cDNA. Since in addition to miR10a, KLF2 upregulates various micro RNAs such as miR30c, and overexpression of miR-30c has been shown to decrease FVIII expression, we next examined the levels of miR30c in PLC-mcoET3 in static vs. flow conditions. These studies demonstrated that exposure to flow resulted in a nearly threefold induction of miR-30c message in PLC-mcoET3 (p < 0.05) (Figure 4E), providing a mechanistic explanation for the differential response of the endogenous/native FVIII and the mcoET3 transgene to conditions of flow.



DISCUSSION

Amid the rapid recent progress in HA therapies (DiMichele, 2018), FVIII transgene-modified cell platforms have arisen as a new class of promising biologicals (Shi et al., 2006; Porada et al., 2010; Doering et al., 2018). To fulfill their therapeutic promise, however, several challenging criteria must be met, including an optimized transgene that enables production and secretion of a functional FVIII molecule at therapeutic levels without inducing cellular stress responses (Zolotukhin et al., 2016). In addition, the gene-modified cells must possess the ability to efficiently produce and secrete FVIII, they should lodge/engraft and persist long-term within a broad range of tissues upon infusion, and they need to evade the recipient’s immune system, despite expressing a therapeutic protein that is perceived as foreign. We recently reported the development of a platform, based upon human PLC engineered with a lentiviral vector to express a mco human/porcine hybrid FVIII (ET3) molecule, PLC-mcoET3, that fulfills all of these criteria (El-Akabawy et al., 2020).

To restore hemostasis upon transplantation, the PLC-mcoET3 must lodge in perivascular sites to provide the secreted mcoET3 ready access to the circulation. As such, these cells will be placed in conditions of flow-induced shear stress, the biological effects of which have never before been explored in the context of FVIII transgene-modified cell platforms. PLC endogenously express low levels of FVIII. Moreover, they also express low levels of the FVIII carrier protein vWF, the conformation of which is known to be impacted by shear stress. Specifically, hydrodynamic forces have been shown to be responsible for extensive conformational transitions in the vWF multimers that change their globular form, a stretched structure, to a linear conformation, with flow acceleration favoring extension and thickening of vWF strands (Zheng et al., 2015). However, to our knowledge, the effect of flow on the expression of FVIII and vWF has not yet been explored. PLC-mcoET3 thus provide a unique paradigm in which to define the effects of flow-induced shear stress on the expression of both the transgene-encoded mcoET3 and the native FVIII locus, as well as the FVIII carrier vWF, and to delineate the molecular mechanism(s) driving any observed effects. For such studies to be possible, however, it is first necessary to culture PLC-mcoET3 in conditions of flow-induced shear stress that recapitulate those present within the anatomic sites of engraftment within the body.

As the liver sinusoids are the site where PLC-mcoET3 are thought to lodge after administration (Almeida-Porada et al., 2017), in the present studies, we designed, manufactured, and validated a cell culture device based on microfluidic technology to simulate the unique physiology of these structures. Specifically, we designed this device to accurately recapitulate the flow-induced shear stress to which resident cells are exposed in these minimal functional units of the liver. We then used this new device to obtain some of the first data to-date on the effects that these relatively low levels of shear stress exert on the levels of expression of FVIII and vWF in a novel cell therapy product (PLC-mcoET3) we have developed to treat HA. Previous studies have examined the effect of flow-induced shear stress on endothelial cells, however, it is important to note, that this prior work was designed to model the high shear present in the microcirculation (arterioles and capillaries), where the values of forces are typically >20 − 30 dyne/cm2. At these high shear stresses, vWF undergoes micro- and macro-conformational changes from a globular state to a stretched chain conformation, where especially the A1 domain undergoes structural changes relevant to its functionality (Schneider et al., 2007). Another study using similarly high shear stresses provided evidence that the expression of vWF may also be affected (Hough et al., 2008). The conditions within the liver sinusoids are markedly different, as flow rates and intravascular pressures within the venous circulation are much lower, and the resultant shear stress is on the order of 0.05−0.5 dyne/cm2. We, therefore, designed our microfluidic device to model these low shear stresses to enable us to gain insight into how the production and secretion of FVIII and vWF are affected by the physiological conditions that the cells synthesizing these coagulation proteins experience in vivo.

The molecular (RT-qPCR) and functional (aPTT) assays we performed herein demonstrated that the production and secretion of endogenous FVIII and vWF are both decreased under levels of shear stress present in the liver sinusoids, but the production of FVIII from our engineered mcoET3 transgene was unaffected by flow. The levels of vWF in the supernatant were further decreased when the shear stress rate was increased from 0.05 to 0.5 dyne/cm2 (still within the physiological range for the liver sinusoids), but the levels of FVIII were not further reduced beyond those seen at 0.05 dyne/cm2.

To elucidate the mechanism for this flow-induced downregulation of FVIII and vWF, we first used a pathway-focused PCR array to determine what shear responsive pathways are being activated in PLC-mcoET3. This analysis showed that both the SHC and SRC genes, which have both previously been shown to be a part of the β integrin-dependent cellular shear stress response (Arias-Salgado et al., 2003; Liu et al., 2008), are upregulated in PLC-mcoET3 exposed to flow conditions. Following its activation by flow-sensing β integrins, c-Src then binds to the SH2 domain of the Shc1 protein, triggering tyrosine phosphorylation of Shc1, and allowing it to bind growth factor receptor bound protein 2 (Grb2). This then leads to the activation of the extracellular signal-regulated kinase 2 (ERK2), Ras/mitogen activated protein (MAP) kinase, and ERK5 pathways (Jalali et al., 1998). Importantly, this Src/Shc1-driven activation of the ERK pathway has been shown to mediate the shear-dependent increase in levels of the zinc finger transcription factor KLF2 (Kumar et al., 2018) which in recent years, has emerged as a prime and pivotal candidate for directly relaying biomechanical shear forces into a gene transcription profile that might determine endothelial phenotype in response to flow (Dekker et al., 2002; van Thienen et al., 2006; Wang et al., 2006). This shear stress-induced upregulation of KLF2 expression is abrogated by blocking various β integrins or disrupting F-actin, supporting the notion that signaling/crosstalk between β integrins (expressed on human PLCs) and the actin cytoskeleton regulate KLF2 expression (Chu et al., 2019). Of particular note, other studies have provided evidence that KLF2 can regulate the transcription of several of the best-known endothelial signature genes, including vWF (Dekker et al., 2006). In agreement with these prior reports in endothelial cells, the present studies demonstrated that culture of PLC-mcoET3 in conditions of flow/shear stress present in liver sinusoids (0.5 dyne/cm2) led to a ∼2-fold increase in KLF2 mRNA levels compared to PLC-mcoET3 cultured in static conditions, supporting the conclusion that KLF2 was playing a role in the observed downregulation of endogenous expression of FVIII and vWF in PLCs. Moreover, these enhanced levels of KLF2 led to upregulation in expression of miR-10a, which is known to target GATA6, precluding it from binding to the vWF promoter to activate its transcription, ultimately leading to downregulation of vWF (Wang et al., 2004; Lee et al., 2017).

Other heavily up- or down-regulated genes could also be important to note. For example, in shear conditions, we found that TNS1 the gene encoding tensin 1, a key protein in cell adhesion, is markedly upregulated. Tensin 1 has been shown to be essential in the creation of ECM and has been shown to positively regulate cell migration (Bernau et al., 2017). As such, tensin could play a role in repair in damaged areas where shear stress is increased. The most down-regulated gene seen in our analysis was ITGA6, an alpha integrin. High expression of this integrin has been shown to enhance tumor cell invasion (Brooks et al., 2016), while its downregulation with miR-143-3p has been shown to suppress tumor growth (Jin et al., 2018). This could be further studied to determine if this miRNA is upregulated in shear stress and if this pathway could be harnessed to create a cell therapy or other treatment to prevent tumor growth. Another gene that was heavily downregulated is PAK1, which has previously been shown to be downregulated in shear stress by KLF2 through the ERK5 pathway, to inhibit endothelial migration (Komaravolu et al., 2015). Further studies of the focal adhesion genes that are influenced by shear stress can be performed to understand the mechanism and possible ways to harness these genes and interactions. Cells engrafted within the body, such as in the liver sinusoids, exist in a complex environment and are affected by many mechanical signals in addition to shear stress. These cues and signals, such as tissue stiffness, which could differ in physiological conditions compared to our devices, or cell orientation, which develops in physiological conditions, could alter the way that the cells experience shear stress or behave in response to it. The relevance of other mechanical signals and properties should be further studied to gain a complete understanding of the way that these forces, alongside shear stress, can regulate gene expression.

Having delineated a plausible pathway by which flow was decreasing vWF expression in the PLC-mcoET3, we next undertook studies to explain the seemingly paradoxical observation that exposure of PLC-mcoET3 to conditions of flow/shear stress markedly reduced the levels of mRNA for endogenous FVIII while having no effect on expression of the lentiviral vector-driven expression of mcoET3. Since mcoET3 shares greater than 90% identity with human FVIII at the nucleotide level, we reasoned that the differential response of these two FVIII molecules by flow must arise as a result of differences in their regulatory elements. A key difference between the endogenous/native FVIII transcript and that produced from the lentiviral vector is the absence of the 3′ untranslated region (UTR) in the vector-encoded mcoET3, which is derived from cDNA. A recent report of HA in human patients who lack F8 mutations, showed that overexpression of miR-30c decreased FVIII expression, while a miR-30c inhibitor partially restored FVIII expression in two cell lines that constitutively express FVIII (Jankowska et al., 2020a). These findings led the authors to hypothesize that expression of miRNAs targeting the 3’-UTR of FVIII mRNA can modulate FVIII levels and may be responsible for a FVIII-deficiency phenotype that clinically manifests as HA (Jankowska et al., 2020b). Because KLF2 overexpression has been shown to induce upregulation of the miR-30 family members miR 30b and 30c (Doebele et al., 2018), we next examined the levels of miR30c in PLC-mcoET3 in static vs. flow conditions and demonstrated that exposure to flow led to a nearly threefold induction of miR-30c in PLC-mcoET3, providing a mechanistic explanation for the differential response of the endogenous/native FVIII and the mcoET3 transgene to conditions of flow. These findings are of particular note with respect to using the gene-modified PLCs for therapy, as they suggest that mcoET3 expression will persist, even following engraftment of the transplanted PLC-mcoET3 within regions that expose them to conditions of shear stress. Collectively, the results of our focused array and RT-qPCR studies provide mechanistic insight into how shear stress can decrease the production of both FVIII and vWF through increasing miR-30c and miR-10a via KLF2 through mechanotransduction by integrins through the c-Src and Shc1 proteins.

In conclusion, we have developed a novel physiologically relevant microfluidic-based device that models the shear stress present within the liver sinusoids and have used this device to show, for the first time, that the low levels of shear stress present in this unique vascular bed down-regulate the production of both FVIII and vWF through a signaling cascade involving beta-integrins, c-Src, KLF2, and miRs. These newly defined shear stress-induced pathways could facilitate the identification of new targets that can regulate the production of both FVIII and vWF and thereby provide novel ways of treating HA and von Willebrand disease. Given the importance of underlying mechanical forces in the normal physiological response to maintain hemostasis (Spronk et al., 2003), there is no doubt that, in the coming years, the increasing use of microfluidics will allow for new and important findings in the fields of endothelial cell behavior, mechanotransduction pathways, coagulation protein production and behavior, and the testing of novel therapeutics in vitro (Trevisan et al., 2020).
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Aortic aneurysm is a common cardiovascular disease characterised by continuous dilation of the aorta, and this disease places a heavy burden on healthcare worldwide. Few drugs have been suggested to be effective in controlling the progression of aortic aneurysms. Preclinical drug responses from traditional cell culture and animals are usually controversial. An effective in vitro model is of great demand for successful drug screening. In this study, we induced an in vitro microphysiological system to test metformin, which is a potential drug for the treatment of aortic aneurysms. Human pluripotent stem cell-derived aortic smooth muscle cells (hPSC-HASMCs) were cultured on an in vitro microphysiological system, which could replicate the cyclic stretch of the human native aortic wall. By using this system, we found that HASMCs were more likely to present a physiologically contractile phenotype compared to static cell cultures. Moreover, we used hPSC-HASMCs in our microphysiological system to perform metformin drug screening. The results showed that hPSC-HASMCs presented a more contractile phenotype via NOTCH 1 signalling while being treated with metformin. This result indicated that metformin could be utilised to rescue hPSC-HASMCs from phenotype switching during aortic aneurysm progression. This study helps to elucidate potential drug targets for the treatment of aortic aneurysms.
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INTRODUCTION

Aortic aneurysm, which is defined as a pathological dilation of the aorta, presents as a life-threatening disease due to the potential to develop dissection or rupture (Goldfinger et al., 2014). Recent studies suggest an average annual death rate increasing by 12% to 2.8/100000 in the last two decades due to aortic aneurysm (Sampson et al., 2014). However, clinical management that has been proven to be curative of aortic aneurysms is limited to surgical replacement or endovascular repair. Thus, great interest in discovering drug therapies that may be positive for reducing continuous dilatation of aortic aneurysms has been shown in many studies (Sweeting et al., 2012). Few efficiencies in reducing aortic aneurysm growth or rupture were associated with these prescribed drugs, including angiotensin-converting enzyme inhibitors, β-blockers, calcium channel blockers and antiplatelet agents (Golledge, 2019). Recently, some clinical studies focusing on the reduction of aortic aneurysm growth in patients receiving metformin prescription were reported (Fujimura et al., 2016; Golledge et al., 2017; Hinchliffe, 2017; Yu et al., 2019). In contrast, an epidemiological study reported that a non-significantly reduced risk of aortic aneurysm rupture was associated with metformin prescription (Kristensen et al., 2017). To address whether the prolonged progress of aortic aneurysm is associated with metformin prescription, a number of randomised, controlled trials (RCTs) are being developed to date.

Some emerging biotechnologies associated with drug screening in vitro have been developed. Benefitting from the development of microfluidics, the combination of these techniques can mimic the biological environment of an organ or multiple organs in an in vitro microphysiological system, which can be utilised in understanding disease mechanisms and drug effects in vivo (Sackmann et al., 2014). Different from traditional in vitro models, microphysiological systems can replicate the biomechanical parameters of the human body, which cannot be achieved in 2D cell culture (Horvath et al., 2016; Fang and Eglen, 2017; Xiao et al., 2017). Moreover, microphysiological systems are more cost-effective than in vivo experiments, including animal models and preclinical trials in humans. Thus, these emerging techniques can significantly improve the testing efficacy compared to traditional biotechniques. To date, several reports have established different kinds of microphysiological in vitro models and related disease models (Huh et al., 2010; Yoon No et al., 2015; Jastrzebska et al., 2016; Musah et al., 2017; Bein et al., 2018). For instance, a vascular micro-physiological system was applied in the construction of models simulating vascular biology, including a biological pulse, cyclic stretching and even shear stress, achieving relevant biophysical conditions for cardiovascular study with cheaper, smaller sample volumes and more precise control compared with animal models and preclinical trails (Beebe et al., 2002; Plouffe et al., 2009).

Based on this evidence, we attempted to detect the drug effect of metformin prescription on the progression of aortic aneurysms using a microphysiological system. In this study, we established a microphysiological in vitro model associated with the microfluidic technique. The simulation of the in vivo pulse and cyclic stretch function of this in vitro model was evaluated with human aortic smooth muscle cells (HASMCs). Furthermore, we used human pluripotent stem cells (hPSCs) to generate HASMCs according to a published protocol to detect the drug effect of metformin in the established system. As a result, the hPSC-HASMCs were switched to a contractile phenotype associated with cyclic stretching and metformin prescription. Moreover, we found that the phenotypic switch may be related to the presence of NOTCH 1 signalling, showing the potential to serve as a therapeutic target in preventing the progression of aortic aneurysm. The schematic of our study is shown in Figure 1.
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FIGURE 1. The schematic workflow of this study. (A) Drug functional testing of metformin performed in the hPSC-HASMC microphysiological system. (B) The parameters of the microphysiological system. (C) The schematic of the microfluidic based microphysiological system.




MATERIALS AND METHODS


Design and Fabrication of the HASMC Microphysiological System

The framework of the microphysiological system (100 × 40 × 8 mm) was polydimethylsiloxane (PDMS) carved from polymethyl methacrylate (PMMA) moulds. The PMMA moulds were engraved utilising a computer numerical control (CNC) machine (Jingyan Technology). Then, the PDMS was cast at a ratio of 10:1 (w/w) monomer to curing agent in PMMA moulds and crosslinked at 70°C for 2 h. There were two layers of PDMS in the microdevice, with the top layer containing a medium channel (70 × 2 × 2 mm) and the bottom layer containing a gas channel (70 × 2 × 2 mm). After the construction of the two layers, the bottom layer was attached to the commercialised PDMS membrane using oxygen plasma (Harrick Plasma). Then, the top layer was attached to the bottom membrane layer with oxygen plasma. Finally, the medium channel and the gas channel were connected to different pumps, providing a medium flow and cyclic negative pressure.



Cell Culture of HASMCs

The HASMC cell line (CRL1999) was purchased from the American Type Culture Collection (ATCC). Smooth muscle cell medium (SMCM, ScienCell) supplemented with 10% (FBS) was used to maintain cell proliferation. The medium channel was coated with collagen (80 μg/mL) and subsequently incubated for 1 h. Then, the microdevice was dried at 70°C for 2 h, and the medium channel was washed with phosphate-buffered saline (PBS). HASMCs were seeded at a density of 2 × 106 per mL in the medium channel. After seeding, the microdevice was incubated at 37°C and 5% CO2 for 24 h. Finally, the microdevice system was ready for mechanical stimulation experiments.



Human PSC Maintenance and hPSC-HASMC Differentiation

The human embryonic stem cell line H9 was provided by the Core Facility for Stem Cell Research (Shanghai Institute of Biochemistry and Cell Biology, China) and selected for differentiation. hPSCs were cultured in mTeSR1 media (StemCell Technologies), passaged with Accutase (StemCell Technologies) and seeded at a density of 3,7000 cells per square centimetre. For differentiation, hPSCs were dissociated with Accutase and plated on Matrigel (BD Biosciences)-coated plates at a density of 3,7000 cells per square centimetre in mTeSR1 media supplied with Y-27632 (10 mM, Selleck). The next day, the medium was refreshed with Mesoderm Specification Medium, which was a mixture of DMEM/F12 and neurobasal media (1:1) supplemented with 2 mM Glutamax, 1× N2 (Life Technologies), 1× B27 (Life Technologies), CHIR99021 (8 mM, Selleck) and BMP4 (25 ng/ml, R&D Systems). After 3 days, the Mesoderm Specification Medium was changed to Vessel Smooth Muscle Cells (VSMCs) Induction Medium, which was a mixture of DMEM/F12 and neurobasal media (1:1) with 1× N2 (Life Technologies), 1× B27 (Life Technologies), PDGF-BB (10 ng/ml, Pepro Tech) and Activin A (2 ng/ml, Pepro Tech). The medium was refreshed every other day. Until day 6, cultures were passaged with Accutase and reseeded at 35,000 cells per square centimetre on gelatine-coated 6-well plates in Vessel Smooth Muscle Cells (VSMCs) Induction Medium reduced Activin A (2 ng/ml, Pepro Tech) to obtain synthetic hPSC-HASMCs. After the hPSC-HASMCs were obtained, the seeding and culturing of the cells in the microdevice system was the same as that of the HASMCs cell line.



Simulation of Vessel-Like Cyclic Stretching

The simulation of cyclic stretching of the cells was achieved by applying cyclic strain derived from the negative pressure in the gas channel using a microfluidic pump. The pump was connected to the computer-controlled solenoid system, which can provide cyclic stretching with various frequencies (0.5, 1 and 2 Hz). We used a pressure regulator to adjust the negative pressure. Static conditions (0% strain, i.e., 0 kPa, meaning in vitro experiments) and cyclic stretch conditions (15% strain, i.e., approximately 6.75 KPa, meaning in vivo experiments) were used throughout this study. The normal deformation of the native aorta was reported to range from 9 to 16% in previous studies (Stefanadis et al., 1995; Williams, 1998). We measured the deformation of the PDMS membrane on the cross section of the microphysiological system and the corresponding negative pressure. Then, the relationship between them was characterised. We found that when the deformation of the PDMS membrane was 15%, the corresponding vacuum pressure was 6.75 kPa (Supplementary Figure S1). Thus, we set 6.75 kPa, which can be treated as a theoretically normal strain, as the negative pressure in the stretching group. After 24 h of cyclic stretching, samples were collected for immunofluorescence, RT-qPCR and western blotting analyses.



Knockdown of NOTCH 1 in hPSC-HASMCs

NOTCH 1-targeted short hairpin RNAs (shRNA, hU6-MCS-Ubiquitin-EGFP-IRES-puromycin) were designed and composed by GeneChem (Shanghai, China). hPSC-HASMCs were seeded into 6-well plates (6 × 105 cells per well) and incubated in a cell incubator. Cells were divided into 3 groups, including the control group, shRNA control (scrambled) group and NOTCH 1 knockdown group (NOTCH 1-KD), when they reached 30% confluency. The shRNA control and NOTCH 1-KD groups were infected with LV-non-specific shRNA and LV-shRNA-NOTCH-1 at an MOI of 10 according to the product manual. After an infection time of 12 h, virus particles were removed from the respective wells, and then, the wells were replenished with fresh SMCM. Cells were further cultured for 72 h in cell culture incubation. Then, the cells were treated with 2.0 μg/mL puromycin, and GFP-positive cells were selected. After the GFP-positive cells reached approximately 80% confluency, they were harvested. The efficiency of NOTCH 1 knockdown was verified by RT-qPCR and western blotting analyses.



Drug Screening

Metformin (Selleck) was dissolved in deionised water to an initial concentration of 50 mM and stored at −20°C after allocation. We determined the optimal concentration of metformin through RT-qPCR. Among the concentrations, 2 mM increased the expression of SM22 and CNN1 maximally (Supplementary Figure S2). A 2 mM final concentration of metformin was made with fresh medium before use. When the attachment of cells to the PDMS membrane after seeding was achieved (almost 24 h), the medium was exchanged with fresh medium containing metformin at a final concentration (2 mM). Then, cyclic stretching was initiated and lasted for 24 h. The samples were collected for relative analysis after the completion of stretching.



Cell Viability

After seeding the cells into the microdevice, the viability was analysed at day 1, day 2 and day 3 by a LIVE/DEAD kit (Thermo Fisher Scientific). In brief, the medium channel was gently washed three times with PBS. Second, the microdevice was incubated in the dark for 30 min with the working solution soaking the medium channel. Then, the medium channel was washed three times with PBS to remove the remaining reagents. Finally, the microdevice was disassembled for better observation of the viability in the microdevice using a fluorescence microscope (Leica, DMi8). ImageJ software was utilised to analyse the results.



Immunofluorescence Analysis

Immunofluorescence analysis was performed directly with a microdevice. The medium was removed, and the medium channel was washed with PBS. The cells were fixed with 4% paraformaldehyde (Sigma-Aldrich) for 30 min at 37°C. Then, the cells were treated with Triton X-100 (1%, Sigma-Aldrich) for 15 min. Bovine serum albumin (5%, Sigma-Aldrich) was selected as the blocking solution and used to treat the cells for 30 min at room temperature. Incubation overnight at 4°C with primary antibodies was performed following blocking. The microdevices were washed three times with PBS and treated with secondary antibodies (1:300) (Alexa 488 anti-rabbit, Thermo Fisher Scientific) for 1 h at room temperature. Nuclei were dyed with 4,6-diamidino-2-phenyllindole (DAPI, Thermo Fisher Scientific) for 15 min. Rhodamine phalloidin (F-actin, Thermo Fisher Scientific) staining was performed to identify the cytoskeletons of the analysed cells. The microdevice was disassembled when the staining was completed. The disassembled microdevice can be more easily observed with a fluorescence microscope (Leica DMi8). ImageJ software was utilised to analyse the obtained images.



RT-qPCR

RNA was collected from the microdevice by TRIzol (Invitrogen) after 24 h of cyclic stretching. Complementary DNA (cDNA) was synthesised with a PrimeScript RT reagent kit (Takara) according to the product manual. Real-time PCR was performed with TB Green Premix Ex Taq. RT-PCR assays were repeated for triplicate samples of each target gene. Gene expression was normalised using housekeeping glyceraldehyde 3-phosphate dehydrogenase (GAPDH). All primer sequences for the analysed genes are listed in Supplementary Table S1.



Western Blot Analyses

Cells were lysed by ultrasonication on ice with RIPA (Beyotime, Shanghai, China) lysis buffer supplemented with phenylmethylsulfonyl fluoride (PMSF) protease inhibitor. To obtain an appropriate concentration of protein for western blotting, we lysed cells from 3 microdevices together. A follow-up incubation for 30 min on ice was performed for complete lysis of the cells. The extracts were harvested at a speed of 14,000 rpm at 4°C for 20 min, and the supernatants were collected. Then, the supernatants were treated with a BCA Protein Assay kit (Thermo Fisher Scientific) to quantify the protein concentrations using a spectrophotometric plate reader. The obtained proteins were diluted with loading buffer and heated for 5 min at 95°C. Then, 10 μg of each protein sample was separated by 10% SDS-PAGE and subsequently transferred to 0.2-μm polyvinylidene fluoride (PVDF) membranes (Millipore, Sigma-Aldrich). The PVDF membranes were blocked with non-fat dry milk (5%) for 1 h at room temperature and then incubated with different primary antibodies (Supplementary Table S2) overnight at 4°C. Then, the membranes were incubated with horseradish peroxidase-conjugated goat anti-rabbit (1:6000) and goat anti-mouse IgG secondary antibodies (Cell Signaling Technology) for 1 h at room temperature. The membranes were treated with Super Signal chemiluminescence reagent substrate (Millipore). The protein concentration was normalised using housekeeping β-actin protein. Quantitative evaluation of the intensity of the signals was performed with ImageJ software.



Statistical Analyses

The results were shown as the mean ± SD. All the experiments in our study were repeated twice, and at least three biological replicates were used in each experiment. Statistical analyses were performed with GraphPad Prism 8 software. Two-tailed Student’s t tests were used to evaluate the difference between two groups, and one-way ANOVA followed by Tukey’s post hoc tests was used to evaluate the difference between more than two groups.



RESULTS


Construction of HASMCs Microphysiological System

It is known that the aorta undergoes periodic contraction and relaxation at the same frequency as the cardiac cycle. As the main component in the middle layer of the aorta, HASMCs are also stimulated by cyclic stretching in vivo, which cannot be simulated under traditional 2D cell culture. Therefore, we used flexible PDMS to fabricate a two-layer structure of the framework in a microphysiological system to mimic cyclic beating conditions (Figure 2A). There was an elastic PDMS membrane in the middle of the top and bottom layers, dividing the inside chamber into medium and gas channels. The gas channel was controlled with a computer-controlled solenoid system. A change in pressure in the gas channel led to the deformation of the elastic PDMS membrane, which could mimic contraction and relaxation of the aorta in vivo. The parameters of the microdevice design are shown in Figure 1B, and the fabrication of the microphysiological system is described in detail in Figure 2A. For the medium channel, we used a peristaltic pump to control the flow. We first used HASMCs (CRL1999) to evaluate the system. Cells showed high viability (≥90%) in the microdevice system at days 1, 2 and 3 (Figure 2B). Furthermore, we stained the HASMCs with F-actin and DAPI, showing the good morphology of the seeded HASMCs (Figure 2C).
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FIGURE 2. The construction of the microphysiological system. (A) The framework of the system was fabricated using elastic PDMS. (B) The viability of HASMCs was detected after seeding on days 1, 2 and 3. (C) F-actin and DAPI staining of HASMCs in the microphysiological system on day 3.




Effect of Cyclic Strain on HASMCs

There are two phenotypes, contractile and synthetic, interact with different environmental simulations in HASMCs. The transition between these two states is called a phenotypic switch, which is essential for HASMCs to perform normal biofunctions in vivo. To evaluate the effect of cyclic strain on HASMCs, we first detected the influence of stretching treatment with a fixed frequency at 1 Hz on the cells (Figure 3A). HASMCs were divided into two groups: the static group and the stretching group. The phenotypic switch was evidenced by immunofluorescence staining and the expression of SM22 and CNN1 (contraction markers in HASMCs). As a result, the number of SM22- and CNN1-positive cells in the stretching group (stretching for 24 h) increased significantly compared to that in the static group (Figure 3B and Supplementary Figures S4A,B). The expression levels of SM22 and CNN1 presented a remarkable increase in the stretching group, which is consistent with the results of immunofluorescence staining (Figure 3C). Moreover, we tested the influence of different stretching frequencies (0.5, 1 and 2 Hz) with a fixed stretch (15%, stretching for 24 h) on the cells. The results of immunofluorescence staining showed that there were more SM22-positive HASMCs in the 1 Hz and 2 Hz groups than in the 0.5 Hz groups, while no significant difference was found between these groups (Figure 3D and Supplementary Figure S4C). In terms of the expression of SM22, the results of RT-qPCR showed a similar trend (Figure 3E). In addition, the results of immunofluorescence staining showed that there were more CNN1-positive HASMCs in the 1 Hz and 2 Hz groups than in the 0.5 Hz groups, while no significant difference was found between these groups (Figure 3D and Supplementary Figure S4D). In terms of the expression of CNN1, the results of RT-qPCR showed that higher expression was accompanied with higher stretching frequencies, while no significant difference was found (Figure 3E). To determine an appropriate frequency of cyclic stretching in our study, we subsequently explored the expression of IL-1β, IL-6, MMP-2 and MMP-9 in different groups. As the stretching frequency increased, the expression of IL-6 (an inflammatory marker) increased significantly (Figure 3E). Furthermore, the expression of the extracellular matrix (ECM)-related proteins MMP-2 and MMP-9 showed a remarkable increase with a higher frequency of cyclic stretching (Figure 3E).
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FIGURE 3. The effect of cyclic stretching on the biology of HASMCs. (A) Schematic workflow showing the detection of the effect of cyclic stretching on HASMCs. (B) Immunofluorescence staining of SM22 and CNN1 in both the static and stretching culture groups. (C) The mRNA expression of SM22 and CNN1 analysed by RT-qPCR. (D) Immunofluorescence staining of SM22 and CNN1 in groups treated with different stretching frequencies. (E) The mRNA expression of SM22, CNN1, IL-1b, IL-6, MMP-2 and MMP-9 analysed by RT-qPCR. *P < 0.05, **P < 0.01, ***P < 0.001 and ****P < 0.0001.




Efficient Differentiation of hPSCs Into HASMCs

To differentiate different hPSCs, a 2D differentiation system was developed to generate mesoderm and LM-HASMCs (Supplementary Figure S2A). First, hPSCs were plated as single cells at a density of 3,7000 cells per square centimetre. Then, cells were differentiated into mesoderm under CHIR and BMP4 treatment. Finally, after PDGF-BB and Activin A induction, mesoderm cells gradually turned into hPSC-HASMCs (Supplementary Figure S2B). During differentiation, mesoderm specification was characterised by dramatic upregulation of the mesodermal marker NK2.5 at day 3, and vascular smooth muscle formation was identified by the upregulation of VSMCs-associated genes, such as SM22, ACAT2 and CNN1 (Supplementary Figure S2C). Immunostaining of hPSC-HASMCs on day 5 showed high levels of calponin, Nestin and SM22 expression (Supplementary Figure S2D). Furthermore, flow cytometry analyses revealed that approximately 99% of cells were positive for a-SMA, which is a marker of vascular smooth muscle (Supplementary Figure S3E). Thus, we were able to generate hPSC-HASMCs from hPSCs with high purity.



Metformin Switched hPSC-HASMCs to a Contractile Phenotype via NOTCH 1

The main objective of this study was to detect whether metformin prescription could retard the progression of aortic aneurysm and discover the associated mechanism. We seeded the obtained hPSC-HASMCs into the assembled microdevice and connected it to a microfluidic system. Three groups (static group, stretch group and stretch + Met group) were established to evaluate the protective effect of metformin on hPSC-HASMCs. The static group was treated with nothing. The stretch group was treated with cyclic stretching. The stretch + Met group was treated with cyclic stretching and additional metformin. The stretching frequency was set at 1 Hz, and the period of stretching was 24 h. The results of immunofluorescence staining (Figure 4A) and subsequent western blots (Figure 4B) showed that the number of SM22- and CNN1-positive cells increased accordingly with stretching and metformin treatment. This result indicated that cyclic stretching and additional metformin treatment could switch more hPSC-HASMCs to a contractile phenotype. To detect the underlying mechanism, we performed a NOTCH 1 knockdown assay in hPSC-HASMCs (NOTCH 1-KD-hPSC-HASMCs). The same treatments were performed in NOTCH 1-KD-hPSC-HASMCs, as mentioned above. The results of immunofluorescence staining showed that the additional metformin treatment could not induce the phenotypic switch of the hPSC-HASMCs with the knockdown of NOTCH 1 (Figure 4A). Furthermore, the western blot analysis also presented no relevant level-up of the contractile proteins SM22 and CNN1 in NOTCH 1-KD-hPSC-HASMCs with additional metformin treatment (Figure 4B). Based on this evidence, we deduced that metformin may protect hPSC-HASMCs by switching them to a contractile phenotype via NOTCH 1 to delay the progression of aortic aneurysm.
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FIGURE 4. Drug functional testing of metformin in the hPSC-HASMC microphysiological system. (A) Immunofluorescence staining of SM22 and CNN1 in hPSC-HASMCs or NOTCH 1-KD hPSC-HASMCs under static, stretching or stretching with metformin treatment. (B) The western blot results and statistical analyses of western blots of NOTCH 1, SM22 and CNN1 in different groups. *P < 0.05, **P < 0.01, ***P < 0.001 and ****P < 0.0001.




DISCUSSION

HASMCs in native aortae usually present with a contractile phenotype that allows the vessel wall to withstand cyclic strain from blood pressure (Owens et al., 2004). It has been reported that HASMCs would switch to a synthetic phenotype under pathological conditions. The phenotypic switch from contractile to synthetic will subsequently initiate aneurysms in the aorta under pathological conditions (Petsophonsakul et al., 2019). The results of our study showed that stretching treatment could switch more HASMCs into a contractile phenotype, which is closer to native conditions than those achieved in traditional 2D cell culture. Moreover, the stretching frequency also affects the biological behaviour of HASMCs. Under physiological condition, the normal heart rate varied from 60-100 beats per minute. Our research suggested that different stretching frequencies (with the same stretching amplitude) have no significant influence in phenotype switching of HASMCs. While the expression of IL-6 and MMP-9 increased significantly with 2 Hz stretching frequency (that is 120 beats per minute). It indicated that excessive stretching frequency could increase the expression of inflammation which might do harm to the cell biology of HASMCs. Similarly, it has been reported that arrhythmia, such as atrial fibrillation, was accompanied with a higher risk of aortic aneurism (Ramchand et al., 2021). The underlying mechanism maybe the increased inflammation of VSMCs.

Several population screening studies have revealed that diabetes is associated with a reduced incidence of aortic aneurysms and reduced growth of aortic aneurysms. However, some studies have suggested that the reduction in the prevalence and growth of aortic aneurysms in diabetes might result from the treatment rather than the presence of the disease (Golledge, 2019). To the best of our knowledge, among the drug therapies for diabetes, metformin prescription seems to be the most promising candidate associated with limiting the progression of aortic aneurysm. Due to the lack of RCTs with a high level of evidence, there is still a debate on whether metformin prescription could limit the progression of aortic aneurysm. Thus, many studies focusing on drug functional testing of metformin prescriptions are being explored to address this issue. In our study, we decided to perform functional drug testing of metformin with some emerging biotechnologies. Recently, the utilisation of hPSC-HASMCs extracted from patients with Hutchinson-Gilford progeria syndrome (HGPS) was reported to construct a HASMCs based microphysiological system (Ribas et al., 2017). The HGPS microphysiological system was used to explore the influence on vascular pathophysiology induced by gene mutations in HGPS and to detect the effect of cyclic stretching on HASMCs in HGPS. Disease model-based microfluidic chips combined with hPSCs have unique advantages. They can bridge the gap of species differences between mice and humans and overcome the shortcomings of traditional 2D cell culture. On the basis of this evidence, we established an hPCS-HASMC microphysiological system to detect the effects of metformin on the biology of hPSC-HASMCs.

CNN1 and SM22 we used in this study are biomarkers of contractile function in VSMCs and are related to the pathophysiological of blood vessels. In pathological conditions, including hereditary cardiovascular diseases, hypertension, atherosclerosis and other acquired vascular diseases, the expression of contractile proteins (CNN1, SM22, α-SMA, etc.) will decrease, while the expression of synthetic proteins (OPN, MMP-2, MMP-9, etc.) will increase due to genetic defects, abnormal biomechanical environment or inflammation. As a result, VSMCs will subsequently switch to a synthetic phenotype. Thus, the phenotype switch has been used to evaluate the function and pathophysiological of VSMCs according to many studies (Rensen et al., 2007; Anwar et al., 2012; Granata et al., 2017). In our study, we performed immunofluorescence and western blot to detect the expression of CNN1 and SM22 to directly show the contractile function of VSMCs. Moreover, we detected the expression of MMP-2 and MMP-9, which are commonly used as biomarkers of synthetic phenotype of VSMCs, to show the synthetic function of VSMCs as contrary. The results of metformin testing showed that more hPSC-HASMCs switched to a contractile phenotype with additional metformin treatment than with stretching alone. It indicated that metformin prescription might delay the progress of aneurysms by switching more VSMCs to a contractile phenotype.

NOTCH 1 is a transmembrane receptor protein that participates in cell signalling and the control of cell fate. Loss of the NOTCH 1 gene will induce abnormal differentiation of VSMCs, leading to relevant aortic diseases (Alexander and Owens, 2012; van Varik et al., 2012; Koenig et al., 2017). Previous studies have reported a strong pathophysiological association between NOTCH 1 and the biomechanical forces in cells, especially in blood vessels (Tzemos et al., 2008; Harrison et al., 2019). VSMCs are subjected to continuous mechanical force derived from blood flow in vivo. Cyclic stretching and shear stress can be induced by endothelial cells and the ECM to VSMCs. It has been established that NOTCH 1 acts as a biomechanical sensor located in the cell membrane. The presence of NOTCH 1 is necessary for initiating biological responses of VSMCs to haemodynamic forces in arteries (Mack et al., 2017). Meanwhile, it has been reported that NOTCH 1 signalling plays a vital role in the regulation of VSMC differentiation and the expression of contractile proteins. Noseda et al. (2006) found that NOTCH 1 activation is needed for expression of the contractile phenotype protein α-SMA in VSMCs via the NOTCH/CSL axis. High et al. (2007) reported that the loss of NOTCH 1 leads to immature differentiation of the induced pluripotent stem cells into SMCs and the decreased expression of α-SMA, SM22 and CNN1. Moreover, several reports found that metformin can affect the proliferation and differentiation of cells through NOTCH signalling. For instance, Chen et al. found that metformin can alter macrophages toward different phenotypes and inhibit the proliferation and migration of HepG2 cells through Notch signalling (Chen et al., 2015). Rana et al. (2020) reported that metformin can activate AMP-Kinase function via Notch signalling to improve angiogenesis in neonatal pulmonary hypertension. On the basis of these evidence, we hypothesised that metformin prescription might delay the progress of aneurysms through upregulating contractile phenotype in VSMCs via NOTCH 1 signalling. In order to verify this hypothesis, we blocked the NOTCH 1 signalling using lentivirus shRNA targeting NOTCH 1 in hPSC-HASMCs to conform whether the effect of metformin would be inhibited. Our results showed that metformin treatment can up-regulate the expression of contractile phenotype in hPSC-HASMCs. While the up-regulation disappeared with the knockdown of NOTCH 1 in hPSC-HASMCs. Thus, we suggested that metformin might delay the progress of aneurysms through enhancing the phenotype switch in VSMCs via NOTCH 1 signalling.

There are still some limitations in our study. Additional detection is needed to investigate a more specific underlying mechanism between metformin treatment and NOTCH 1 signalling. In addition, the phenotypic switch of VSMCs and the relationship between metformin and NOTCH 1 have been observed in our in vitro models, and animal models for performing metformin testing are still needed to confirm the therapeutic effects in parallel. Recently, several studies have reported that the response to metformin varies by age in not only mammals but also invertebrates. Elderly individuals are more likely to suffer from aortic aneurysms compared to youths. Detection of the response to metformin in patients with aortic aneurysms at different ages may also make sense in the future.



CONCLUSION

We established a hPSC-HASMCs based microphysiological system to perform drug functional testing of metformin in this study. We found that a contractile phenotype of HASMCs was induced by cyclic stretching in our system, which was closer to the native biology of HASMCs than those from traditional 2D cell culture. Moreover, more phenotypic switching into contractile was found in hPSC-HASMCs treated with additional metformin than in hPSC-HASMCs treated with stretching treatment alone. The response of hPSC-HASMCs to metformin was subsequently verified to be related to NOTCH 1 signalling. Thus, as the evidence in our study showed, we inferred that metformin prescription may be able to limit the progress of aortic aneurysm via NOTCH 1 signalling. More importantly, our study provides strong evidence for the development of preclinical biotechnologies, especially for drug screening and pathophysiological research.
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Oncoimmunology represents a biomedical research discipline coined to study the roles of immune system in cancer progression with the aim of discovering novel strategies to arm it against the malignancy. Infiltration of immune cells within the tumor microenvironment is an early event that results in the establishment of a dynamic cross-talk. Here, immune cells sense antigenic cues to mount a specific anti-tumor response while cancer cells emanate inhibitory signals to dampen it. Animals models have led to giant steps in this research context, and several tools to investigate the effect of immune infiltration in the tumor microenvironment are currently available. However, the use of animals represents a challenge due to ethical issues and long duration of experiments. Organs-on-chip are innovative tools not only to study how cells derived from different organs interact with each other, but also to investigate on the crosstalk between immune cells and different types of cancer cells. In this review, we describe the state-of-the-art of microfluidics and the impact of OOC in the field of oncoimmunology underlining the importance of this system in the advancements on the complexity of tumor microenvironment.
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INTRODUCTION

Microfluidic platforms represent an emergent and promising technology for life science research aiming to reproduce specific biological environments that recapitulate the in vivo scenario with higher fidelity with respect to conventional in vitro techniques (Jiménez-Díaz et al., 2019; Wang L. et al., 2019). They are generically composed of a device coupled to pump circuits or wells for liquid circuits and a microscope to make real time acquisitions during the experiment. These systems represent useful tools for multiple purposes, spacing in all the areas of life sciences, and imply the involvement of multidisciplinary sciences. Indeed, while biologists and physicians pose the scientific problem, physicists conceive the devices and, finally, statisticians or mathematicians extrapolate results by processing the large array of data obtained by microfluidic-based studies.

An emerging field of application of microfluidic chips comprise the study of complex cell microenvironments, such as the tumor microenvironment (TME) and how immune cells and tumor cells interact within it. The TME is a complex environment composed by multiple cell types, including blood vessels, immune cells, stromal cells, fibroblasts, and by soluble factors, which closely and constantly interact with tumor cells, thereby determining the fate of tumor progression (Schiavoni et al., 2013; Anderson and Simon, 2020). The advancements of molecular and cellular profiling technologies has gained key information on how distinct immune cell populations interact with the tumor and the other TME components (Liu et al., 2019; Davidov et al., 2020). However, these methodologies do not allow to investigate complex interactions, processes and mechanisms behind the full TME functioning. The detailed knowledge of the tissue microenvironment and the associated dynamics led to the development of Tissue-On-Chip (TOC) platforms. These systems aim at recapitulating the specific functions of tissues on microfluidic devices, i.e., blood, bone marrow, lung, liver, just to cite some examples. However, they are often defined as Organs-On-Chip (OOC) to indicate the organ they aim to recapitulate (Li et al., 2019b). The OOC definition is optimal for the majority of advanced multicellular living systems and can be extended to particularly heterogeneous organs such as tumors. The use of TOC definition is particularly recommended to mimic cell-cell interactions on-chip in several tissues with undefined compartmentalization or boundaries, such as blood, bone-marrow and specific hematopoietic niches (Aleman et al., 2019). TOCs can also be employed for the generation of microfluidic systems supplemented by spheroids (Duarte Campos et al., 2020). Spheroids are indeed entities similar to organs but not completely resembling them. This concept can also be extended to tumor spheroids when the cells forming the spheroid are of malignant nature.

Over time, the definition OOC has been mostly preferred to TOC since OOC comprise all tissue types. The advent of OOC has boosted the research on cell-cell interactions in basilar and advanced cell systems. This platform proved to be fundamental for the study of cell-cell interaction and migratory behaviors upon specific perturbations (Kim and Haynes, 2013; Menon et al., 2014). Moreover, OOC can be considered as a “simplified organ” potentially useful to bypass diverse problems intrinsic for in vitro and in vivo experiments. In addition, OOCs better recapitulate multicellular systems (e.g., an organ) and are ideal tools to study dynamically complex organs, including the TME. In other words, the use of OOCs aim to achieve an appropriate degree of simplification by reconstituting an in vivo system to an in vivo-like model of study. In these settings, it is possible to follow the system’s components without altering their original function. Thus, OOC systems can be classified as advanced in vitro smart platforms evolved from in vitro and in vivo scientific knowledge (Boussommier-Calleja et al., 2016).

In this review, we describe the state-of-the-art of microfluidic devices and explain how and why the advent of microfluidic platforms markedly impacted the study of multicellular systems with emphasis on their employment for oncoimmunology studies.



FROM PIONEERS OF MICROFLUIDICS TO ADVANCED OOC SYSTEMS

The term microfluidics defines all the systems, simple or advanced, where a fabrication process that generates micrometers-sized scale channels is the key component of that system. More than 50 years ago, researchers perceived that microfluidic systems can dramatically impact the study of chemical compounds and cells. Of note, the advances in materials technology has certainly facilitated the expansion of microfluidic systems. These pioneer research studies evidence how the distinction between the terms Lab-on-a-Chip (LC) and Cell-on-a-Chip (CC) is generally represented by the nature of the elements investigated within the device. In general, LC covers all studies in which microdevices are used alongside with chemicals or proteins or other substances such as lipids. CC systems are employed for live cell investigations and OOC platforms are usually employed to follow simple or complex multicellular environments. All the three terms, LC CC and OOC, can sometimes overlap, due to lack of standardization of these three definitions. This adds further grade of complexity to the problem of searching univocal definitions for the microfluidic chip-based systems. A history of the birth of the first microfluidic systems and how they became advanced platforms such as OOC is delineated, with emphasis on the use of OOC in an oncoimmunology context.


First Approaches to Microfluidics Systems: LC

The first literature data on microfluidic approaches is a paper by Lew and Fung (1969). They were the first to outline the concept of simulation theory in the attempt to mimic the fluidic dynamics of the blood flow circulation and bronchioles air flow simulations within lung tissue. They asserted that the flow generated by the uniform axial velocity is relevant for blood flow in branching blood vessels and for the motion of plasma in the capillary blood vessels. This theoretic microtube system, with a diameter equal or less to 100 μm, is generated by complex algorithms governing the fluid dynamics. These Authors were the first to introduce the notion of inlet/outlet in the liquid flow simulations for live systems such as blood circulation and lung bronchioles. This fluidic model has been repurposed by an independent laboratory 20 years later (Xue and Fung, 1989). The importance of this first simulation study lies on the notion that the main role of microfluidic devices is to recapitulate the multicellular living systems in their multifaceted aspects, including biochemical cues behind the cell-cell communication. This key milestone could not be reached without the LC systems. LCs proved decisive for a better knowledge of cell-cell signaling, mimicking specific inner events including those relative to immune cells.

The first use of a LC for investigative purposes on living (eukaryotic) cells was made by Esch et al. (2001a, b) for the detection of Cryptosporidium Parvum, a waterborne pathogen. They used a method relying on the ability of these bacteria to release some typical and exclusive DNA sequences that are PCR-amplified within ad hoc fabricated microfluidic chips. These studies demonstrated that microdevices can be used to investigate the effects of chemicals and proteins released from bacteria and cells. For these reasons, the majority of scientists coined the term LC to evidence how these devices can be conceived as actual miniaturized laboratories. Such mini-labs are focused at investigating specific substances such as chemicals or proteins, but are not suitable for living cells.

In 2012, Farmer and co-Workers generated a LC microfluidic system to recapitulate a red blood cell. They were the first to mimic a cell model, even though not a living cell, with microfluidic approaches (Farmer et al., 1988). This first study in a microfluidic cartridge has certain been facilitated by the non-living nature of the system. This work can be considered as one of the first attempts to obtain a primitive cell-mimicking system. The first microfluidic system to immobilize particular types of proteins came on the 1990s, with a study from Johnsson et al. (1991). This research describes how microfluidic systems can be applied in the field of sensors engineering. On the other hand, it represents one of the first studies reporting a complete microfluidic chip fabrication process as an important part of device design.

A relevant giant step on the creation of LCs as sensors useful for cancer prevention comes from an elegant paper of Bahavarnia and co-Workers. Here a paper-based immunosensor has been generated, coupled to a fluidic chamber to propagate the fluid toward the sensor area in which the CA125 protein will be detected by an ELISA-based assay (Bahavarnia et al., 2019). Similar approaches based on the immunosensors have been described in literature, useful to study apoptotic activity (Dang et al., 2019) or soluble immune checkpoint inhibitors (Reza et al., 2019) in biological fluids or clinical samples. These studies represent interesting examples of LCs to be applied for oncoimmunology applications.

Lab-on-Chip are generally appropriate to study specific mechanical activities or fluidic phenomena, often to be addressed to specific living cell mimicry events. With the development of more advanced microfluidic fabrication techniques and with the advent of sophisticated biotechnology tools, LC platforms have evolved into complex systems to investigate on some features of single cells. For instance, an LC platform was developed with the aim to identify the disparate antigen specific antibodies secreted by single B-lymphocytes during the development of innate immune responses (Gérard et al., 2020). Fabrication technologies have also allowed implementation of LC into efficient and affordable biosensors. LC biosensors have been recently developed and optimized to be applied in oncoimmunology. A clear example is represented by LC biosensors to detect cancer biomarkers, where the main LC biomaterial is represented by paper and nano-inks (Bahavarnia et al., 2019). Despite the discovery of disparate materials well suited for biological studies, the use of Polydimethylsiloxane (PDMS)-based techniques still remains the elected methodology to fabricate all microfluidic devices, including LC biosensors. Next generation chips will be represented by microfluidic platforms where the use of the PDMS may be supplemented, rather than superseded, by the use of other biomaterials needed for chip optimization.



Beyond the LC Platforms: The CC Systems

While in vitro Two dimensional (2D) and Three dimensional (3D) culture systems are useful to study specific cell features, the advent of LC equipped investigators with versatile tools to monitor cell behaviors in real time. This began the initiation of the CC era.

In 1997 Li and co-Workers carried out a glass microfluidic CC system suitable to monitor the mobilization of red blood cells, yeast cells as well as Escherichia Coli bacteria in a device composed by several interconnected channels. This chip constituted one of the first approaches to study living cells by means of a device composed by multiple substructural units (Li and Harrison, 1997). A first study analyzing cell docking and alignment was produced by Yang and co-Workers on 2002 with human hematological HL-60 tumor cell lines (Yang et al., 2002). Another report where cells were monitored in a CC system employed a feochromocytoma derived PC12 cell line (Huang et al., 2004) in the attempt to follow their mobilization features. The development of CC research with tumor cells has been facilitated by the fact that these cells do not require stringent factors for their growth, compared to primary cells (Zielinski et al., 2017). For this reason, tumor cells can be easily studied on chip, in particular for long-term time points. In 2005, primary cells were successfully studied on a CC system in an interesting work focused at recapitulating the cardiac myocyte contraction (Li and Li, 2005). This and other studies (Ho et al., 2006; Kokkinos et al., 2008; Zhao et al., 2012) constitute some representative examples of the first primitive studies carried out in CC systems. All of them utilized a single cell type with simple analyses and evaluations, such as mobilization within microscale-sized spatial units and brief time intervals.

The first attempt to study a specific immune cell population on chip was reported in 2006 by Matsumura and co-Workers, who investigated the ability of macrophages to start and sustain zymosan-induced phagocytosis in fibronectin-coated CC by time-lapse microscopy. This represented a first study in which a functional immune event has been reproduced on chip (Matsumura et al., 2006). Another interesting CC system has been generated by Kang and co-Workers. Their structure is represented by a chamber where bead-labeled blood cells flow upon a micromagnetic field. This field has a key role in capturing rare circulating tumor cells or metastatic cells (Kang et al., 2012). The particularity of this microfluidic chip is the possibility to culture a single cell type by flushing away the other undesired cells, such as circulating leukocytes.

An important phenomenon to be investigated in the field of oncoimmunology is the migratory behavior of immune cells toward the primary tumor site. Thus, it is not surprising that researchers pay particular attention on the study of immune cell migration on chip. A first example of such studies was provided by Molino and co-Workers. They described a CC system properly designed to follow leukemic cell migration toward an oil droplet (Molino et al., 2016). For some aspects, these droplets resemble immune cell moving in the CC microchannel. This work is a clear example of how CC studies inspired experimental implementations to design the more complex OOC systems, in order to study the interaction between immune cells and cancer within ad hoc fabricated microfluidic devices.



Putting Different Cell Types on a Chip: The OOC Platforms

The term OOC underlines the attempt to load different cell types residing organs or multicellular complexes inside a microfluidic device, often coupled to sophisticated microscopy systems. In general, such a definition fits also for chips loaded with at minimum two different cell populations, even if these are not able to develop in complex multicellular systems (Sackmann et al., 2014; Reardon, 2015; Chen P. et al., 2020). The simpler the OOC is the easier cells are monitored within it.

A first approach to study immune system on chip has been developed by Whitesides and co-Workers. They created a simple OOC platform to co-culture two different types of macrophage-like cells (Wong et al., 2008). In this report, BAC1.2F5 and LADMAC macrophage cell lines were loaded in separated chambers of the microdevice. Then, the production of the colony stimulating factor-1 (CSF-1), released by LADMAC and required by BAC.2F5 cells for survival, was monitored over time. This simple OOC prototype can also be used to study the mutual crosstalk between immune and cancer cells.

The first attempt to design a microfluidic platform employing different cell types on chip was reported by Shuler and co-Workers on 2009. They adapted a microfluidic chip for simultaneous co-culture of tumor cells (colon cancer cells HCT-116 or Hepatoma cells HepG2, embedded in hydrogels) with liver and bone marrow cells (Sung and Shuler, 2009). This system allowed to elegantly test the cytotoxicity of a specific anticancer agent on tissues when directly delivered on chip. Despite allowing the simultaneous loading of different cells, this OOC system does not allow to study the crosstalk between loaded cells, such as migration of bone-marrow cells toward the tumor in response to the drugs. In a study investigating the crosstalk between immune cells and cancer cells, Businaro and co-Workers successfully attempted to investigate on the mutual behavior of melanoma and immune cells (Businaro et al., 2013). This approach was inspired by the difficulty to study the events behind the immune cell infiltration inside the TME, and represents a new dawn for the oncoimmunology on chip. Previous work in vivo showed that accelerated B16.F10 melanoma progression in non-immunocompetent mice was the result of altered cytokine/chemokine production and impaired infiltration of different murine immune cell subsets in the TME (Mattei et al., 2012). Based on these observations, microfluidic devices were employed as a simple OOC system to evaluate gradient-dependent interactions between B16.F10 melanoma cells and spleen-derived immune cells from naïve immunocompetent vs non-immunocompetent mice. In detail, a PDMS microdevice constituted by a 1,000 μm-sized central chamber connected to two side chambers by two arrays of 12 μm-sized microchannels has been used. The two side chambers were loaded with spleen cells (from immunocompetent or IRF-8 deficient mice) and B16.F10 melanoma cells. Time-lapse video recording was carried out over a 48 h-period in a region comprising the B16 side chambers and the adjacent microchannels. The results evidenced a mutual crosstalk between B16 cells and spleen cells. Specifically, in OOC loaded with splenocytes from immunocompetent mice, these cells displayed a high migratory ability toward the B16 chamber coupled to a slow B16 invasion extent. Conversely, IRF-8 deficient splenocytes displayed poor migratory extent toward the tumor, which reflected a high invasion ability of melanoma cells. This report constitutes the first evidence of mutual interaction between two different cell types in a microfluidic chip. Further analysis on time-lapse videos demonstrated that the migration of immune cells can be quantitatively and qualitatively evaluated by extrapolating single cell tracking profiles of each cell migrating toward melanoma cells (Agliari et al., 2014). From an oncoimmunology view, these tracking profiles represent relevant functional data expressing the overall behavior of immunocompetent vs non-immunocompetent cells faced to melanoma cells into this OOC system.

On the other hand, time-lapse microscopy is useful to evaluate the tumor cell membrane elasticity as a function of cell viability during their permanence in the OOC system. Fully functional tumor cells show high variations in the membrane fluctuation over each image frame (Figure 1). On the contrary, the membrane fluctuations are less evident in dying or stressed tumor cells. This perturbation factor has been quantified by Agliari and co-Workers by targeting time-lapse on single tumor cells inside the OOC. It can be used as a function of the stress status of a cancer cell after migration in the chip and reflects the ability of immune cells to limit cancer cell growth on chip as a consequence of tumor-immune cell interactions (Agliari et al., 2014). This “migrate-to-interact” concept can be adapted for every OOC platform designed to study how cancer cells respond to the presence of immune cells (Figure 1).
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FIGURE 1. Tracking cell perturbation changes on chip during melanoma cell-immune cell interactions and after immune cell migration. A single cell area variation analysis is shown in immunocompetent (A) versus non-immunocompetent cells (B). The area of a cancer cell is analyzed at fixed time intervals (e.g., 1 min) from an acquired time-lapse video, after the immune cell enters the cancer cell compartment and interacts (A) or fails to interact (B) with the malignant cell. Migrated immune cells do interact for longer time with cancer cells and this reflects in a minor frame-by-frame variation of the cell area. Hypothetically, this status is indicative of a dying/apoptotic cancer cell. This model underlines the migrate-to-interact strategy of an immune cell. The vertical brown/blue dotted lines within rectangles symbolically represent the complexity of the chip architecture and delimit the immune cell compartment from cancer cell compartment. The brown/blue dotted lines and points within graphs depict the area values for each frame referred to each time interval.


Further advancements in OOC development in oncoimmunology have been made by using human hepatitis B virus (HBV)-derived cancer cells and T cells that can be loaded and monitored on chip. Here, a customizable OOC was used to load engineered T cells expressing HBV-specific antibodies in liquid media with tumor cells derived from the same cancer patient. Tumor cells were loaded in a central chamber resuspended in a collagen matrix, thus recapitulating the TME on chip. In this setting, it was possible to follow and quantitate the tumor cell killing activity of T cells with accuracy (Pavesi et al., 2017). Moreover, this study allowed a better knowledge of the suitability of extracellular matrices for OOC systems, such as Matrigel, hydrogels or collagen complexes to better recapitulate the TME. Indeed, extracellular matrices represent a mix of extracellular proteins markedly improving the capability of cells to survive inside the microfluidic devices. In this situation, the cells engage chemical bonds with the components of these matrices then activating intracellular survival signals. Thus, the use of these matrices is particularly relevant for the activation and survival of some primary cell types, such as dendritic cells and hepatocytes (Mehta et al., 2010; Mölzer et al., 2019; Serna-Márquez et al., 2020). On the other hand, it is becoming increasingly evident that the use of gel matrices represents an important step to an optimal development of OOC platforms in oncoimmunology, as evidenced by the key role of the disparate types of matrices employed to reproduce the TME (Narkhede et al., 2017; Hassell et al., 2018; Sontheimer-Phelps et al., 2019).

In a recent study, Fang and co-Workers reported the realization of an OOC system with human tumor spheroids or murine organoids (Fang et al., 2019). They loaded the device with fibroblasts and MCF7 or 4T1.2 breast tumor cells to allow the on-chip generation of tumor organoids, with the fibroblasts spontaneously infiltrating the tumor mass. In this case they used the agarose as main biomaterial of the OOC. In addition, a microfluidic prototype has been developed by Borenstein and co-Workers to study the immune checkpoint inhibitors in human cancer (Beckwith et al., 2019). Specifically, this OOC system allows the trapping of a lung tumor biopsy and a real-time monitoring of the programmed cell death protein-1 (PD-1) expression. The originality of this study is represented by the development of an OOC platform optimized to monitor PD-1 on fresh biopsies in 24 h.

All these studies facilitated the ad hoc development of OOC systems and led to a new generation of more complex OOCs. Another representative example in using diverse cell populations in OOC research is the development of multi-organ units on chip, outlined by a recent work depicting a platform aimed at generating and connecting liver and gut on chip (Sung, 2020). The Supplementary Table 1 illustrates the technical and analytic details of several OOC systems and their potential use for oncoimmunology studies. This list suggests that OOC can be designed by lithographic techniques and 3D bioprinting methods, with or without gel matrices. As expected, the structural composition of the microdevices largely changes in function of their specific functional and analytic requirements.




ANALYTIC TOOLS TO STUDY THE INTERACTIONS BETWEEN IMMUNE CELLS AND CANCER CELLS IN MICROFLUIDIC PLATFORMS

Organs-On-Chip allow to study TME in vitro avoiding the use of expensive animal models in complex in vivo experiments. When planning an OOC experimental design, animal models should be used uniquely for initial validation of the specific OOC setting. Besides, OOC platforms are very useful for the extrapolation of hidden entities directly or indirectly associated to the migratory ability of immune cells and their capacity to reach and interact with cancer cells. These parameters are strictly dependent on the behavior of the two cell types within the OOC and, seemingly, in the TME. In this section we describe these hidden entities and their quantitation cues.


OncoImmuno Chip: A Specific OOC System to Study Interactions Between Cancer Cells and Immune System

An OncoImmuno chip defines a microdevice in which the TME’s main components are isolated, reconstituted on-chip and coupled to time-lapse and image analysis systems to monitor immune and tumor cells overtime, for a maximum of 72 h (Biselli et al., 2017; Mencattini et al., 2020a; Torres-Simón et al., 2020; Figure 2).
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FIGURE 2. Schematic pipeline for TME reconstitution on an OncoImmuno chip. The first part of the workflow consists in a purification process of the main components of the TME, such as immune cells, tumor cells and normal skin cells plus stromal cells (if needed). When the design strategy of the microfluidic device is completed, the cells are then reconstituted inside the chip loading units. This reconstituted chip, resembling to an OOC, is then analyzed by a microscope platform. The TME can be derived from patients’ primary tumor or from an in vivo experimental tumor.


There are several important advantages to track immune cell migratory behavior toward cancer cells. For example, in an experiment where immune and drug pre-treated cancer cells are loaded into two separate compartments, it will be possible to acquire, frame-by-frame (FBF), a set of single cell tracks throughout the entire duration of the time-lapse (Figure 3). This FBF acquisition of immune cells yields an array of cell tracks, namely the immune cell tracking profile, whose behavior is strictly dependent on the anti-tumor effects of an administered drug (Figure 3). When each immune cell reaches the compartment containing drug-treated cancer cells, it interacts with them for a variable time. The computation of the duration of such an interaction is then fundamental for the quantification of therapeutic efficacy. Such a post-migration interaction represents a functional parameter indicative of the ability of the immune cell to “sense” cancer cells inside the device upon drug exposure (Figure 3).
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FIGURE 3. Application of the FBF tracking analysis to study immune cells versus cancer cells crosstalk. In this schematic model, the starting time-lapse recorded during the experiment execution is processed and all the variables associated to tracking analysis are extrapolated (Data computation). Specifically, when an immune cell is identified it will be tracked in each frame (Frame 1–6) to yield its associated trajectory (blue lines and points). This is done for each cell identified in the initial frame (Frame 1) of the video sequence. At the end of its walking, if the immune cell interacts with an adjacent cancer cell the duration of this interaction is computed and stored as a single interaction time value. In this example, this value is provided by the interval time difference between Frame 6 and Frame 9. The brown-dotted lines inside the microfluidic chip symbolize the compartment structures and ideally delimit the two immune and cancer cell compartments.


There are some typical classes of trajectories relative to immune cell motion that are highly indicative of the response to attractant or repellent substances emanated from tumor cells (Biselli et al., 2017; Comes et al., 2020b). These distinct track patterns have functional effect on cancer cell fate (Figure 4) and can be represented by several kinematic and non-kinematic factors. The first, directionality ratio (Gorelik and Gautreau, 2014), expresses the ability of an immune cell to reach its target cancer cell by taking the shortest route possible.
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FIGURE 4. Schematic representation of most typical tracks of immune cells in relation to the presence of cancer cells during a time-lapse from an OOC experiment. During its walking toward the cancer cell, an immune cell can assume one of the indicated pattern motions. When the cancer cell exerts no influence on immune cells these can assume a track described by Pattern 1, namely a casual motion with no specific direction. This scenario is indicated by a very low directionality ratio compared to an ideal linear track (black dashed line), short mean step lengths, low speed, and high angular deviation of the immune cells. Conversely, if an immune cell moves forward by adopting the Track Pattern 4, it does successfully reach the opposite chip compartment and interacts with the neighboring cancer cell. This track is featured by an high directionality ratio (high linearity), step length and immune cells speed, and low angular deviation. In Track Pattern 2, immune cells pass through the opposite compartment but are unable to interact with the cancer cell. In Track Pattern 3 the scenario is similar to that described by Pattern 4, except for a low directionality ratio and then a weak migratory ability toward the cancer cell. Track Pattern 3 usually ends with a successful interaction between cancer and immune cell. The brown-dotted lines inside the microfluidic chip symbolize the compartment structures and ideally delimit the two immune and cancer cell compartments.


The mean step length of a track is another kinematic entity intrinsically associated to the track of an immune cell (Figure 4). It expresses the mean walking displacement of the immune cells between two consecutive points of the time-lapse (Figures 3, 4). Assuming that a single step length, s, is yielded by the formula A delineated in Figure 5 (Caplan, 1972; Simmons et al., 2010). Here, Δx and Δy represent the projections of the cell step length s on the X and Y axes in a Cartesian XY domain (Figure 5). By denoting as (x1, y1) and (x2, y2) the starting and the ending points of a generic displacement, i.e., △x = x2−x1 and △y = y2−y1, then the single step length of an immune cell can be also obtained by the formula B in Figure 5. The mean step length is calculated as the average s value among all the steps of the immune cell along its track and directly depends on the speed of that cell (Perner and Perner, 2009; Dewan et al., 2011; Biselli et al., 2017).
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FIGURE 5. Schematic representation of the step length components in a tracking immune cell moving toward a cancer cell within a microfluidic chip. Each step length is calculated by returning the doublet of coordinates in starting (x1, y1) and finish (x2, y2) points. A single step length is depicted by the vector s, that can in turn be decomposed in the Δy and Δx units (representing the projection of the s vector to Y and X axes, respectively). Each step is associated to its relative angle deviation α conventionally referred to the X axis. Vertical dotted brown line symbolizes the structural components of the microfluidic device and ideally delimits the two immune and cancer compartments. Top right orange box displays the key formula associated to the step length and angle variation computations.


Immune cell speed returns the step length s from a starting (x1, y1) point to an ending point (x2, y2) divided by the time required to move from the two points (Figures 4, 5).

The track angle represents another important quantity of the immune cell migration path strictly associated to the directionality of the track. It is expressed by the angle α (in degrees) the current step vector s forms with the X reference axis (Figure 5). The angular deviation can be yielded by the difference between the two α values of the immune cell at two consecutive points.

Assuming that the step length is an s vector composed by its projection on X and Y axes, as mentioned in Figure 5, the angular deviation a constitutes the angle between the s vector and its projection on X axis. Such an angular deviation α of the immune cell can then be expressed with a generalized formula C in Figure 5, derived from the Pythagorean theorem, and is also a function of the attractive forces exerted by the adjacent cancer cell. As delineated by the two formula D and E in Figure 5, Δy and Δx represent the projections of the step lengths on Y and X axes, respectively. The two catheti Δy, Δx and the hypotenuse s constitute a right-angled triangle (Figure 5), where the angular variation α a is easily computable by the inverse tangent formula C in Figure 5 (Dummer et al., 2016; Lin, 2019; Cankaya et al., 2020; Zhang et al., 2020). Of note, each step length s of the immune cell track is indissolubly linked to its relative α value conventionally referred to the X axis, as evidenced in Figure 5.

Not less relevant, one of the most important parameter used to describe the type of motion for an immune cell is the mean square displacement (MSD)(Gorelik and Gautreau, 2014). Early studies that attempted to mathematically model cell migration in isotropic medium assumed that a cell moves like a Brownian particle (Dunn, 1983). Namely, an immune cell was assumed to undertake a persistent random walk, in which it moves directionally at short time intervals, but it loses its persistence at longer time intervals. The time to cross from the persistent regime to the random one is the directional persistence time, whose estimation requires a fitting of the MSD curve (Gorelik and Gautreau, 2014). The MSD is a crucial factor since it embeds global as well as local kinematic characteristics of the immune cell track at different time lag, thus evidencing cell behavior at shorter time but also the overall trend at larger time. In an oncoimmunology context, the MSD is strictly dependent on how cancer cell drug treatment can affect the immune cell trajectory on chip.

In conclusion, cell tracking analysis returns several hidden kinematic and non-kinematic values, that are an intrinsic feature of the FBF analysis in a time-lapse video. This can be easily extrapolated in an OncoImmuno chip, by analyzing the time-lapse video and single image frames with a specific image analysis software. In this regard, the open source software ImageJ is equipped with a number of plug-ins (i.e., Manual Tracking or Automated Tracking plug-ins) that allow to automatically process all the aforementioned entities, then facilitating the extrapolation of all kinematic factors associated to each single tracked immune cell. The use of ImageJ with the integrated Automated Tracking plug-in is a clear example of image-assisted analysis of cell migration tracking. A list of the most commonly used cell migration tracking software are depicted in Supplementary Table 2 (Emami et al., 2021).

Overall, the use of tracking analysis in OncoImmuno chips can recapitulate the interactions between cancer and immune cells in TME in the steady-state or following a defined therapy by exploiting hidden data acquired exclusively through these platforms and not accessible by in vivo TME methodologies.



Generative Adversarial Networks to Evaluate the Interactions Between Immune Cells and Cancer Cells on Chip

The massive advent of sophisticated biotechnologies has been accompanied by a parallel evolution of instruments in which these technologies were computationally implemented. These analytical methods are recently exploiting the beginning of the Artificial Intelligence framework that is revolutionizing the field of biomedicine with its diverse applicative approaches (Ramesh et al., 2004; Buch et al., 2018; Balkanyi and Cornet, 2019; Holzinger et al., 2019; Mintz and Brodie, 2019; Kaul et al., 2020). In the area of machine learning (Rajkomar et al., 2019; Sidey-Gibbons and Sidey-Gibbons, 2019; Alsuliman et al., 2020), a novel kind of algorithm-based methodologies have recently gained a profound interest. These advanced methods belong to a sub-branch of machine learning, the deep-learning (Cao et al., 2018; Wainberg et al., 2018; Bock et al., 2021), and, in particular, often refer to the so called Generative Adversarial Networks (GAN). GANs can have disparate practices, covering social sciences, image analysis and biological problem solving. To this purpose, GANs have been applied for prediction of human actions (Liu et al., 2017), image processing applications (Nie et al., 2018; Li et al., 2019c; Xue et al., 2020; Yang et al., 2020), and computational analysis of natural environments (Saleemi et al., 2009; Negin and Brémond, 2019; Comes et al., 2020a, b). GAN are based on a game scenario where the generator network must compete with an adversary, the discriminator network. The two network models are trained together until the discriminator network is fooled about half the time from the image created by the generative network, meaning that it is generating plausible examples (Sahoo and Narayanan, 2019; Xu et al., 2020).

The gradually increased use of time-lapse microscopy together with the use of microfluidic platforms provided oncoimmunologists with potent tools to perform long-term live cell imaging and high-throughput analysis of on chip platforms (Comes et al., 2019, 2020a; Mencattini et al., 2020b). In this context, GANs constitute potent machine learning tools to predict how a cell migratory path will evolve starting from the real cell tracking captured by a time-lapse video. Specifically, an updated version of the GAN, social GAN (Comes et al., 2020b), can be useful to predict the post-migratory behavior of an immune cell when it is in proximity of a cancer cell in a microfluidic device (Figure 6). To this purpose, all the single immune cells are identified and tracked starting from the original time-lapse video sequence. To do so, GAN algorithm need to be “trained” by inputting a number of initial immune cell positions, namely the Input Tracks in Figure 6. After the training procedure, GAN is able to return high-fidelity immune cell trajectories by extrapolating them from GAN-dependent hidden entities (Fernando et al., 2019; Comes et al., 2020b). This approach is particularly useful to predict the behavior of poorly identifiable immune cells, or simply to accelerate the uptake of the experiment and to avoid phototoxic effects on the cells (Figure 6). GAN can provide a meaningful estimation of the probability for each immune cell to physically interact with the cancer cell in the vicinity (Figure 6).
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FIGURE 6. Role of GAN in immune cell trajectory prediction. Machine learning by GAN represents a practical manner to predict the whole track of a migrating immune cell. In this model, GAN predicts the migratory trajectory of immune cells (A, B, C, D, and E) and is helpful to foresee the behavior of immune cells when these encounter a tumor cell during their walking. GAN uses a Generator Network and a Discriminator Network to develop the predicted tracks from Real and Random tracks, extrapolated from each frame of the time-lapse. The Real tracks will then be processed into the Discriminator Network, whereas the Random tracks will constitute the input variables for the Generator Network, where they will be further processed and entered in the Discriminator Network. This Network exploits specific sigmoidal functions (Real, Fake) to distinguish the true predicted trajectories from fictitious tracks. The final result is constituted by all the predicted tracks associated to their input tracks originally entered. In this model, the computation of the predicted tracks PB and PC does allow to assert that the immune cells B and C will interact with the neighboring tumor cell with meaningful probability. Conversely, the predicted tracks PA, PD, and PE indicate that Immune cells A, B and E will interact with the same cancer cell with a very low probability. These information are relevant to check potential immune cells to be selected for post-migration Interaction time computations. Brown-dotted vertical lines symbolize the structural components of the chip and ideally delimit the immune and cancer compartments.


In conclusion, a GAN learning system can be helpful for the envision of the so called in silico OOC experiments (Swayden et al., 2019). The main goal of such a system is the evaluation of a real OOC experiment without performing until the end reducing time and experimental costs. Moreover, this process can also generate an in silico OOC simulation potentially useful to plan new optimized OOC experiments.




OOC SYSTEMS FOR DRUG INVESTIGATIONS IN ONCOIMMUNOLOGY

One of the most active research fields in oncoimmunology is the dissection of drug properties for cancer therapy. OCC platforms represent a valid alternative in this context. Indeed, in the last years OOC systems have shown potential for discovering indirect or direct drug properties on tumor cells. Simple OOC systems have been developed in which only target cells and drugs are loaded to assess direct effects of the drug (Kwak et al., 2014; Shin et al., 2016). In this section we will review the impact of microfluidic devices in boosting research on oncoimmunology in the context of anti-cancer therapy, providing an innovative tool to evaluate how drugs can affect the interactions between cancer cells and immune system.


OOC Systems for the Evaluation of Anti-Tumor Therapies

One of the first studies aimed to assess the effects of pharmacological treatments for cancer therapy by using an on chip approach is represented by a study addressing the role of formyl peptide receptor 1 (FPR1)/annexin a1 (Anxa1) axis in anti-tumor response to anthracycline-based chemotherapy (Vacchelli et al., 2015). In this report, OOC experiments in humans and mouse settings were crucial to demonstrate the importance of the integrity of the FPR1/Anxa1 axis to allow immune cell migration and interaction with cancer cells undergoing chemotherapy-induced immunogenic cell death. Indeed, cancer cells treated with anthracyclines (i.e., Doxorubicin or Mitoxantrone) release Anxa1, which acts as a danger signal for immune cells. Single cell tracking profiles extrapolated by OOC system displayed that FPR1 expressed by immune cells, particularly dendritic cells (DCs), is required to “sense” Anxa1 emanated from dying tumor cells and to migrate toward them engaging in stable interactions. Interestingly, in the OOC setting only DC with an intact FPR1 successfully migrate toward anthracycline-killed tumor cells and capture apoptotic bodies released from these dying cells. Post-analysis of time-lapse video recordings in this OOC system allowed the extrapolation of high numbers of single cell tracks associated to high interaction times between immune cells (including DCs) and cancer cells, showing that immune cells with intact FPR1 perform biased random walks toward anthracycline-treated cancer cells, while those with mutated FPR1 show uncorrelated random walks (Biselli et al., 2017). Thus, numerical descriptors and statistical physics applied to OOC systems provide an additional tool for a quantitative description of the immune response to cancer during chemotherapy.

Organs-On-Chip systems can undergo further step-by-step implementations in their structural complexity which do not compromise their state-of-simplicity. In this regard, Nguyen and co-Workers have successfully visualized and quantified the effects of the anticancer drug Trastuzumab in a TME reconstituted on chip, composed by cancer-associated fibroblasts (CAF), an HER2+ breast cancer cell line (bearing a HER2-receptor gene amplification), and immune cells (Nguyen et al., 2018). This study demonstrates that an OOC system hold potential for further implementation by adding other TME key cell components, such as cancer associated fibroblasts (CAFs). Addition of CAFs in this system still contributes to maintain a simplified and smart OOC platform. Here, the OOC system has been utilized to dissect the role of Trastuzumab, a reference anti-cancer for HER2+ breast cancer patients, on such a tumor-on-chip complemented with CAFs plus hydrogels to reproduce a central endothelium compartment. The microdevice is constituted by two side chambers, containing the immune cells (embedded in a collagen matrix), cancer cells and CAFs, and a central compartment with endothelial cells. These chips where monitored with or without the presence of Trastuzumab. The extrapolation of interaction times, cancer cell speed and tracking profiles by time-lapse demonstrated that Trastuzumab inhibited breast cancer cell growth with a concomitant induction of cell death. In addition, CAFs hindered the interactions between cancer and immune cells. Overall, these on-chip observations suggests that this tumor-on-chip effectively recapitulates the in vivo scenario referred to the effects of Trastuzumab in human breast cancer. A similar concept was applied in a study illustrating the crosstalk between lung cancer cells and epithelial cells in an OOC system mimicking the lung alveoli. Here, H1975 non-small-cell lung cancer (NSCLC) cells were loaded in a microfluidic device to evaluate the effects of Erlotinib and Rociletinib, two representative third generation Tyrosine Kinase inhibitors. The authors designed a chip composed by two side compressible chambers for air flow, mimicking respiratory processes, and a central compartment further subdivided in two separated chambers, containing cancer cells and endothelial cells. This design had the purpose to recapitulate the alveoli of lungs, under normal or cancer settings. These studies not only showed the feasibility of this lung-on-chip system to study the anti-tumoral effects of Tyrosine Kinase inhibitors, but also revealed an unexpected role of breathing in contrasting cancer growth (Hassell et al., 2018).

Organs-On-Chip systems have also been exploited to investigate the role of epithelial-mesenchymal transition (EMT). For instance, an interesting OOC model has been generated to study these phenomena. Here, EMT has been recreated on chip with human lung tumor cell spheroids (NCI-H460 or HCC827 cells) resuspended in Matrigel and human umbilical vein endothelial cells (HUVECs). The microdevice is composed of a nylon mesh matrix which recapitulates the separation system between cancer cells and HUVECs. In this microdevice tumor cells and HUVECs are separated by the mesh membrane. When recombinant TGF-β was added in this OOC system tumor spheroids displayed an activated expression of the EMT factors Snail, and Akt, paralleled by decreased levels of E-cadherin. In addition, tumor cells acquired the ability to migrate toward HUVECs. This OOC system may represent an optimal model to study the effects of anti-cancer drugs in terms of control of processes involved in EMT (Li et al., 2019a). Another representative example of on chip anticancer agent evaluation is the development of a metastasis-on-chip model of study (Wang et al., 2020). This OOC is assembled with methyl methacrylate for structural and spatial components, whereas PDMS is used to allow gas and liquid exchange between cells. The PDMS is used to create sheets to which a 10 μm sized resin membrane is sliced. This PDMS plus resin system is then inserted inside the OOC and used for cell loading. Such device was employed for the evaluation of anti-tumor activity of 5-Fluorouracyl (5-FU) on Caki-1 kidney cancer cells loaded with immortalized HepLL hepatocytes. Of note, this OOC system was integrated with a programmable electronic pump to feed cells with nutrients in the chip. This study can inspire the generation of implemented metastasis-on-chip platforms suitable for other metastatic tumors.

The described OOC platforms represent a starting point for implemented systems specially designed to evaluate the efficacy of emerging immunotherapy strategies in the presence of immune cells. Recently, OOC devices were successfully employed to culture murine- and patient-derived organotypic tumor spheroids preserving the immune compartment of the TME and to evaluate the sensitivity and resistance to PD-1 blockade (Jenkins et al., 2018). This system accurately recapitulated the in vivo scenario, was compatible for long-term culture (up to 1 month) and allowed to evaluate multiple parameters of response, such as cell death and growth of tumor organoids from mice or patient-derived organoids loaded inside the microdevice. The microdevice consists in two side chambers utilized to load the conditioned medium (i.e., the anti-PD-1 antibodies) and a central compartment employed to load human tumor spheroids or tumor cells from mouse colon cancer lesions which develop organoids several days after loading (Aref et al., 2018). This platform can be adapted to evaluate other immune checkpoints (i.e., CTLA-4) expressed on cancer cells. OOCs have also revealed as useful systems to study the effect of folic acid in ovarian cancer. Folic acid is the elected anti-tumoral drug to cure this and other solid malignancies. Here, Wimalachandra and co-Workers have proposed an OOC in which the main chamber was rounded by HUVEC cells and filled with OVCAR-3 tumor cells. This microfluidic device has been used to evaluate the migration of DCs and T cells, in presence or absence of folic acid-loaded nanoparticles (Wimalachandra et al., 2019). These encouraging studies suggest not only that nanoparticles are a useful to assess anti-cancer drugs on chip, but can also inspire the use of OOC platforms for the study of tumor cell functions by nanoparticle-encapsulating drugs.



OOC Applications for the Evaluation of Anticancer Drug Combinations

Single agent-based strategies are often insufficient for a successful and complete tumor eradication in cancer patients. Current strategies aim at combining therapies with a second (or even third) drug to amplify anti-tumor responses and/or to broaden the spectrum of responding patients (Bao et al., 2020; Crunkhorn, 2020; GajdÁcs et al., 2020; Iratni and Ayoub, 2020; Jonnalagadda et al., 2020; Karimi et al., 2020; Kawachi et al., 2020; Kim et al., 2020; Mollica et al., 2020; Qian et al., 2020; Song et al., 2020; Yamashita et al., 2020; Zhu et al., 2020). The development of microfluidic devices for oncoimmunology applications based on the use of drug combinations is only beginning to emerge. One of the major challenges to deal with is the precise architectural optimization of the chip devoted to these purposes. Indeed, the evaluation of multiple factors on a single chip implies an adjunctive difficult level, not only in the chip fabrication, but also in choosing the bio-architectural components of the chip. For instance, if one plans to construct a complex 3D chip this should not compromise the control easiness of the cells within it. In this regard, an example comes from an elegant report where Caco-2 colorectal adenocarcinoma cell lines were co-cultured on an OOC platform with hepatic HepG2 cells acting as an artificial liver producing metabolites. This microfluidic system has been successfully employed to evaluate and quantitate the effects of Irinotecan and Temozolomide, alone or in combination (Jie et al., 2017). Noticeably, a superior ability of the double condition to induce apoptotic cell death of tumor cells has been showed. This encouraging study suggests that a chip-based system, when properly designed and loaded with the right cell subsets can be effectively exploited to follow unexpected drug combination effects. Other similar findings come from a simple CC system optimized for use of two anticancer agents at different drug concentrations. Here, PC3 tumor cells have been loaded with Doxorubicin or Mitoxantrone with TRAIL (Kim et al., 2012; Desyatnik et al., 2019).

A significant step forward is the optimization of OOC for evaluating drug combinations by taking into account the role of immune cells to provide a more complete and faithful scenario. OOC platforms have been developed employing immune cells in toto and cancer cells resuspended in Matrigel adapted for the exposure to two different drugs acting alone or in synergy. This OOC design has allowed to demonstrate the superior anticancer activity of the DNA demethylating agent Decitabine (DAC) when administered with Interferon-α (IFN-α) against melanoma in a competitive assay (Lucarini et al., 2017). In detail, this device is composed by a central chamber used to load immune cells (PBMC from healthy donors) and two side channels for loading Matrigel-resuspended human A375 metastatic melanoma cells with or without DAC and IFN-α, alone or in combination. Fluorescence microscopy evaluation and time-lapse experiments have shown that immune cells preferentially migrate toward the A375 cells containing both drugs rather than each single agent (DAC or IFN-α), or no drugs. This approached mirrored in vivo studies performed in melanoma-bearing mice, where combined DAC and IFN treatment promoted immune cell infiltration, limiting tumor progression (Lucarini et al., 2017). The same OOC device was employed to evaluate the behavior of specific immune cell subsets, i.e., dendritic cells (DC) toward tumor cells undergoing combined therapy. Here, IFN-α-conditioned DC (IFN-DC) were monitored within 3D tumor spaces for their ability to infiltrate and engulf collagen-embedded SW620 colorectal cancer cells treated with a combination of drugs (Romidepsin and IFN-α) with respect to untreated (Parlato et al., 2017). We hypothesize an OOC scenario in which DAC induces cancer cells to undergo apoptosis, with a concomitant release of apoptosis-dependent chemokines or via the activation of pathways strictly related to cell death such as the FPR1/Anxa1 axis (Vacchelli et al., 2015). In parallel, IFN activates immune cells as they infiltrate the matrigel microenvironment. This, in turn, favors immune cells to interact with A375 cells and to complete their tumor cell killing activity, leading to further release of apoptotic factors. On the other hand, in the opposite side chamber containing the single drug or saline, immune cells fail to infiltrate the melanoma microenvironment. Overall, this system can be regarded as an OOC provided with two functional TMEs, each responding to local environmental stimuli represented by direct effects of the drugs and by subsequent infiltration of immune cells (Figure 7). Of note, this dual competitive condition chip can is an useful tool to evaluate how these differently shaping TMEs will evolve in function of the immune cells behavior. Indeed, the preferential migration of the immune cells toward one of the two conditions is the peculiar effect noted in this particular device, and is strictly dependent on type of drugs cancer cells are exposed to. To this extent, tumor cells can be elegantly monitored by using this specific dual condition chip to study the cellular dynamics of some drugs endowed with cell death-induction activity, compared to an internal control (Figure 7).
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FIGURE 7. Schematic representation of a dual condition chip to study the dynamics of apoptosis-induced anticancer drugs. Immune cells are loaded in the central chamber of the device. In parallel, cancer cells were loaded in presence of an extracellular matrix (e.g., Hydrogels, Collagen, or Matrigel) and specific drugs to be evaluated (Condition 1, Condition 2). Assuming that the Condition 1 is represented by untreated cancer cells and Condition 2 by tumor cells exposed to a cell death inducer (or a drug combo whose final action is cell death), these different on chip parallel treatment trigger a gradually divergent behavior of the cancer cells, reflecting in the final generation of two different TMEs (TME 1 and TME 2). TME 1 generates when the Condition 1 is a pro-tumoral drug or no treatment. In these cases, cancer cells will proliferate and a growing tumor will develop (TME 1). Concomitantly, an opposite effect due to tumor cells treated with anticancer agents occurs in the opposite microfluidic chamber (TME 2). The TME 2 is shaped by immune cells, that migrate under the effect of apoptotic factors released by cancer cells upon treatment with anticancer drugs. How immune cells shape the TME development is strictly dependent on how cancer cells are treated in the two side compartments. The initial key event of the TME 2 is the generation of apoptotic bodies as a consequence of tumor cell killing operated by immune cells. When cancer cells are exposed to a drug combination (Condition 2), the associated Condition 1 at the opposite side chamber can be a single drug of that combination or no exposure. Vertical dotted brown lines symbolically represent the structural units of the device.





MICROFLUIDIC DEVICES FOR STUDYING THE EFFECTS OF RADIATIONS IN IMMUNE CELLS AND CANCER CELLS

Radiation therapy (RT) is employed to cure localized cancers and is known to act both by killing malignant cells and by activating anti-tumor immune responses (Atwell et al., 2019, 2020; Bellia et al., 2019; Fellin et al., 2019; Chen Y. et al., 2020; Gupta and Chatterjee, 2020; Koukourakis and Giatromanolaki, 2020). Despite the wide use of RT to overcome the main problem of cancer resistance, the mechanisms by which radiations activate immune system to kill cancer cells are still under intense debate. Tumor mouse models constitute an invaluable tool to carry out research on how immune system interacts with cancer cells in the TME under RT regimens (Frey et al., 2012; Thiemann et al., 2012; Du et al., 2016; Dobiasch et al., 2017; Keisari, 2017; Bellia et al., 2019; Domankevich et al., 2020; Hader et al., 2020; Qin et al., 2020). The exploitation of animal models in this context has played a relevant role for the determination of radiation doses to be used to adequately activate immune cells, or certain type of immune cells, to efficiently eradicate cancer. These premises clearly evidence that RT represent an important strategy to fight cancer and hence is of key relevance for oncoimmunology research. Considering the evident limitations in animal handling imposed by European community legislation (Bassi et al., 2020; Mocho, 2020; Tian et al., 2020; Vinken, 2020), the generation of innovative tools to investigate how radiations can affect the immune system in fighting cancer represent an urgent need.

Recently, microfluidic systems have been adapted to investigate the anti-cancer effects of RT. An example of this type of approach has been carried out for an on-chip study of RT in head and neck squamous cell carcinoma (HNSCC) (Cheah et al., 2017). A very simple PDMS-based OOC system has been designed to investigate how single dose irradiation (5, 10, 15, and 20 Gy) could affect the growth of HNSCC primary tumor cells derived from patient biopsies. This OOC is composed by a central chamber connected to an inlet and an outlet well. The wells are connected to the chamber by a single microchannel. The chamber has been used to insert a little fragment of patient’s biopsy, and the inlet well serves to let media to flow-through in the OOC system. Irradiation of HNSCC tissue in the microfluidic device was carried out inside a custom-made Perspex Block (Butson et al., 1996), adequately applied to the microfluidic device. The irradiation doses of the tumor tissue were chosen as appropriate as to avoid the degradation of the microdevice biomaterials. This device allowed to follow the effects of RT on HNSCC tissues derived from primary tumors or metastatic lymph nodes. This study represents an interesting attempt to validate the concept of personalized medicine by using an OOC platform coupled to RT systems.

Lately, a new CC has been developed to study effects of radiations on soft tissue sarcoma (STS) (Patra et al., 2019). This device has been employed to follow the effect of combined RT and chemotherapy (CT) on STS spheroids grown inside the chip. Three different radiation doses were used (0.5, 2, and 8 Gy), combined with Doxorubicin at two different concentrations (2 and 20 μM). The device has been designed to favor the isolation of growing spheroids after the tests. This allowed to further analyze the spheres by flow cytometry (to evaluate apoptosis) and clonogenic assays (to evaluate survival). Spheroids were also monitored for changes in the size as a function of tumor progression. Two different tumor cell lines, STS93 and STS117 were used. The STS117 cells, bearing a mutated p53 protein, appeared to be more resistant to the combined action of Doxorubicin plus RT, compared to the STS93 tumor cells (bearing the WT p53). The device is constituted of a 5 × 3 array chamber, each containing 24 microchambers for STS spheroid trapping and culture. This chip was used to appropriately apply two independent RT and CT gradients around the growing spheroids. The irradiation apparatus is constituted by a clinical linear accelerator system that does not affect the microdevice biomaterial quality (PDMS). This representative study proposes a simple method to generate RT and CT combination gradients on chip to apply different radiation doses. In a similar work based on the use of ovarian cancer cell lines OV1946, a microfluidic cell culture platform equipped with a spheroid culture chamber array was designed. Although this study is not directly employed to test cancer drugs, the authors propose it to be used in combination with drugs and RT because of the peculiar configuration of the PDMS chip. The chip is composed by a 4 × 4 array of main chambers, separated by magnetic-actionable sensors (700 μm metal bar, in opened/closed states) which redirect the liquid flows through the chambers. Each chamber contains a 5 × 5 matrix of spheroid-trapping microwells (300 μm diameter), to yield a maximum of 25 replicates per chamber. In this system, OV1946 cells were left to generate spheroids in microwells and then RT (8 Gy) is given to appropriate chamber by a GammaCell3000 system. The presence of the actionable sensors allows to combine RT with a drug flowing into the desired wells. This system allows tumor spheroids to be monitored overtime upon RT and CT, with different radiation doses and drug concentrations (Brunet et al., 2017).

To date, no studies have been performed yet to investigate how radiation can impact on the crosstalk between immune cells and cancer cells on chip. Considering that RT often exerts immunogenic effect on cancer cells, a dual tumor-immune OOC may represent a valid alternative to study the behavior of immune cells in presence of RT-treated tumor cells (Figure 7).



USE OF OOC PLATFORMS TO STUDY PATIENT-DERIVED XENOGRAFTS

The use of laboratory animals has been widely exploited in studies involving microfluidic chips, due to the availability of immune cells from representative organs composing the immune system (i.e., bone marrow, spleen, and lymph nodes)(Mattei et al., 2010; Hickey and Chow, 2017; Elmore, 2018). On the other hand, the demand of immune cells still represents a great obstacle when planning microfluidic experiments with human cells. In fact, blood circulating immune cells can be easily available but cells residing in bone marrow, spleen and other lymphoid organs are unreachable. Based on these premises, there is an urgent need to overcome these difficulties to allow microfluidic experiments to be carried out in translational and clinical research contexts.

Recently, innovative humanized models have been developed for cancer immunotherapy research (Sanmamed et al., 2016). Among these, patient-derived xenografts (PDX) mice are immunodeficient animals adapted to receive a fragment of a fresh tumor excised from a cancer patient (Cho, 2020; Powley et al., 2020). A major advantage of PDX models, compared to simple cell line transplants, organoid xenografts or traditional tumor mouse models is represented by the retention of the TME architecture and genetic complexity of patient’s tumor. In this manner, the human tumor can be faithfully recapitulated in PDX mice.

In perspective, PDX models may represent an invaluable tool for oncoimmunology studies of human tissues by microfluidic systems. Indeed, one can collect blood samples and tumor lesions from cancer patients in order to generate a biobank of patients’ specimens. Little fragments of the tumor lesion excised from each patient can be transplanted in PDX mice (Figure 8). The resulting growing tumor in PDX mice is characterized for genomic profiling and histological analysis to confirm the TME morphology and TME architecture fidelity (Figure 8). At this point, in vivo drug testing can be performed in the PDX animals. This will allow to determine the therapeutic efficacy of anticancer agents or combination of drugs. The limitation of this approach, however, is the impossibility to evaluate immune responses, due to the fact that the PDX mice display an immunocompromised compartment. In this respect, OOC platforms may be used as an extension of PDX models. Indeed, autologous immune cells from patient’s blood sample can be loaded onto the chip together with a fragment of the tumor lesion from the same patient. The use of devices with different compartmentalization levels (e.g., Microfluidic OncoImmuno Chip 1 and Microfluidic OncoImmuno Chip 2, Figure 8) allows more reliable cell tracking results and may constitute a doubly mutual control. In addition, multi-compartment chip systems open new alternatives in the evaluation of a single drug or drug combos. Interestingly, these PDX-based OOC systems may represent a smart and reliable approach to study the crosstalk between cancer cells and immune cells all derived from a specific cancer patient (Figure 8). Noticeably, the development of PDX-based OOC platforms is a valid alternative to the expensive in vivo drug evaluation and permit to obtain the results in quick time, compared to the in vivo drug testing, requiring 14–20 days for results (Figure 8). In summary, PDX-based OOC systems can be viewed as an added value to in vivo humanized models and a potential tool for personalized anti-cancer therapies.
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FIGURE 8. Establishment of PDX-based OncoImmuno chip platform for melanoma patient’s personalized therapy. Melanoma lesions and blood samples are collected from enrolled patients. and tumors are then implanted in PDX mice. When the tumors reach an adequate size, they are excised and stored in a Biobank with the associated blood samples. In parallel, samples are assayed for immunohistochemistry, Hematoxylin/Eosin staining and Gene expression profiling. When a patient is recruited to initiate a therapy, there are two alternatives to assay the sensitivity of anticancer drugs: in vivo testing with re-engraftment of the stored melanoma lesion (requiring 14–20 days), and OOC-based analysis (requiring 48–72 h). Immune and cancer cells are obtained from the patient’s blood and tumor tissue, previously stored in the Biobank. Cells are then loaded in several types of customized microfluidic chips, with simple (OncoImmuno chip 1) or complex compartmentalization levels (OncoImmuno chip 2). Complex compartmentalization may require the use of other bio-components mimicking the TME matrix and the stroma (Matrigel, Hydrogel and collagen). In OncoImmuno chip 1, immune cells are left untreated whereas cancer cells are exposed on chip to a drug or left untreated (control condition). In OncoImmuno chip 2, Immune cells can be left untreated or treated with a single drug (Condition 1), whereas cancer cells on the opposite side chamber are exposed to a drug combo (Condition 2). Time-lapse is then started and the resulting video sequence is used for automated single cell tracking. Drug sensitivity is assayed by the extent of migration of immune cells (Immune cell tracking). To assess the vitality of melanoma cells, FBF area variation of these cells is evaluated and interaction times between cancer and immune cells are assessed (Post-tracking interaction analysis). For OncoImmuno chip 2 preferential migration of immune cells toward Condition 1 or Condition 2 is determined. Tracking profiles, interaction times and the associated kinematic variables will be compared to patient’s clinical parameters and exploited to start the cancer patient’s personalized therapy. Vertical brown dotted lines symbolically depict microfluidic device structural units and ideally delimit the immune and cancer compartments.




THE HUMAN-ON-CHIP: A NEW FRONTIER IN ONCOIMMUNOLOGY?

Organs-On-Chip platforms currently used to investigate the disparate open questions on oncoimmunology are gradually evolving in complex systems formed by multiple interconnected OOC units. The main purpose of such an intricate OOC network will be to study specific immune organ’s physiology in different types of cancer. This innovative approach certainly constitutes a future useful application for oncoimmunologists. In addition, it can represent the best platform ever developed, recapitulating the in vivo scenarios with superior affordability. However, the lack of definitive standardization criteria and the persistence of poor ethical policies for applications of advanced OOC systems in clinical research represent a strong limitation to this evolution.

Whether or not the development of a Human-on-Chip (HOC) will symbolize a groundbreaking frontier in oncoimmunology is still an unsolved question. The generation of HOC platforms is a common ambitious objective of several ongoing multidisciplinary projects. Besides, microfluidic platforms are beginning to be designed having in mind the requirement of multiple cell types and multi-compartmentalization approaches (Zhang et al., 2009; Berry et al., 2020; Langerak et al., 2020; Sung, 2020). However, the road to obtain a fully functional HOC platform is still far to be reached and certainly fraught with obstacles. The final purpose of the HOC platform development must necessarily include the connection of at minimum two multicellular chips to recapitulate the in vivo function of at minimum two equivalent organs (Vunjak-Novakovic et al., 2013; Skardal et al., 2016; Sontheimer-Phelps et al., 2019). This implies that a HOC platform will be effectively finalized when at least a set of key human organs will be successfully connected in a complex OOC network, accompanied by AI (Artificial Intelligence) analysis algorithms, i.e., GAN (Comes et al., 2020a; Mencattini et al., 2020b), and advanced system biology tools (Jurisic, 2020). Such an intricated HOC can be conceived as a modular network where every single node is represented by a matrix of properly interconnected multicellular chip modules. Each Multicellular chip module recapitulates a physiologically functional human cell compartment on a microfluidic device (Figure 9). There are disparate obstacles to the composition of this modular HOC. One of the most relevant difficulty comes from the identification of the precise way each multicellular chip module must be interconnected with the units in close vicinity. Another problem can be to establish how these OOC should communicate with distant modules. Hence, a solution to overcome these issues may be the development of a complex module-based microfluidic network representing modular structures composed of interconnected units (Figure 9). In this scenario, a fully modular HOC model can be theoretically hypothesized, formed by Multicellular modules, OOC networks and Multi-organ modules, accurately interconnected to compose a functional HOC network recapitulating human physiology (Figure 9). Of note, each module unit is always constituted by inlet and outlet connections, denoted by the two points of each connection line between units. This will theoretically sustain fluidic circulation in the system.
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FIGURE 9. Modular view of a Human-on-Chip with emphasis on a hypothetical on chip immune system model. A Multicellular chip module is a unit containing all the key cellular components and extracellular factors derived from a specific human donor’s immune cells. In the Immune system these organs can be represented by five main cell populations (Stem cells, DC/Macrophages, Granulocytes, T cells, and NK cells). These cell subsets are properly loaded to form the five equivalent Multicellular chip modules (Immune cell compartments). Several Multicellular chip modules can generate an OOC Network. In this modular view, Immune system can be defined as an OOC Network composed by five Multicellular chip modules. Several OOC Networks compose a superior network of device-based organ systems, namely the Multi-organ module. The Human-on-Chip is composed of several serially connected Multi-organ modules. A Multi-organ module can also contain several subunits (Multi-organ sub-modules) to be employed for some isolated and targeted experiments (Sub-modular experiment) in which the sub-module is separated by its own Multi-organ module. In the case of the Immune system on chip, a Sub-modular experiment may be planned by a comparison of two connected OOC networks derived from two Multi-organ sub-modules (Immune system versus Normal skin or Skin cancer, respectively). Such an experiment can be aimed at comparing the immunosurveillance network activity to normal skin versus skin cancer. These experiments can be carried out with the help of AI algorithms and system biology approaches. Brown dots ideally represent the interconnections between the depicted units. The light-blue arrows evidence the passage to gradually superior levels of module complexity.


It is widely reported that bone-marrow, lymph nodes and spleen represent key immune organs maintaining immune cell homeostasis and immune surveillance (Le Bouteiller and Asherson, 1982; Olszewski, 2003; Mattei et al., 2010; Snell et al., 2012; Ruddle, 2016). In our modular HOC model, the immune system is defined as an OOC network of several main immune cell compartments derived from a human donor (Figure 9). These compartments are defined as heterogeneous containers of a certain cell subtype. For example, DC/Macrophages compartment is represented by all the common types of dendritic cells existing in the immune system (i.e., Conventional DCs, Plasmacytoid DCs, etc.) (Austyn, 2016; Tucci et al., 2019). When another OOC network (e.g., a skin OOC network) is directly connected to the OOC immune system we obtain a Multi-organ sub-module defined by two unique OOC networks. Interestingly, this sub-module can be easily re-developed as an isolated entity to perform specific sub-modular experiments (Figure 9). These targeted experimental layouts are oriented at extrapolating the complex crosstalk between the immune system and skin on chip, and represent an important starting point to the development of a module-based HOC platform (Henderson et al., 2020). Specifically, normal skin could be substituted by skin cancer cells (e.g., KRT14 primary skin cells and A375 melanoma cells) being expressed by circulating tumor cells and metastases (Lima et al., 2017; Hanley et al., 2020; Ibrahim et al., 2020), in order to carry out comparative sub-modular strategies between two different sub-module units. These units uniquely differ for the presence of normal skin cells or melanoma cells. In these settings, it is possible to compare how the immune system does respond to the presence of normal skin cells or melanoma in confined sub-modular microfluidic experiments (Figure 9). This theoretic modular model can be a good starting point to plan the development of distinct on chip organ systems defining a specific function (or set of functions) in the human body.

Recently, several bodies of evidence have been published proposing complex and functional HOC, which have been developed by exploiting the modular concept and submodular experiments illustrated in Figure 9 (Vunjak-Novakovic et al., 2013; Skardal et al., 2016; Sontheimer-Phelps et al., 2019). Vunjak and co-Workers finalized a first validated Heart-Liver-Vascular HOC prototype, experimentally suitable for drug testing (Vunjak-Novakovic et al., 2013). These studies inspired the creation of a HOC platform based on modular organoid-containing microdevices. Here, the authors proposed the setting up of a complete circuitry to recapitulate a modular microfluidic system where each organoid-based OOC is adequately connected to form a HOC system composed by three modular liver, cardiac, and vascular organoid-containing microdevices. This platform is well suitable to study the effects of drugs in hepatic tumors, i.e., by evaluating the organoid sizes, immune cell infiltration or drug toxicity in each microdevice. This device was recently employed to quantitatively evaluate the effects of Propranolol and Epinephrine on this multiorgan platform (Skardal et al., 2016). These recent efforts represent an encouraging promise to an affordable and safe engagement of HOC for oncoimmunology purposes.



DISCUSSION AND CONCLUSION

The advent of microfluidic technology is gradually impacting the field of biophysics and biomedicine. Microfluidic devices are smart systems potentially useful in disparate and divergent types of scientific problems covering medicine, including research in tumor immunology.

Organs-On-Chip platforms for oncoimmunology (OncoImmuno chips) can be considered as flexible boxes capable of containing the diverse types of immune cells, cancer cells and extracellular matrices, coupled to optimized technologies to monitor the distinct cell behaviors throughout the time (e.g., time lapse microscopy). OncoImmuno chips can be fabricated in a customized manner, depending on the specific type of biological event dealing with or to be investigated. This is a great advantage for using microfluidic devices to study relationships between cancer and immunity.

The major boost to the development of OOCs, starting from simple LC and CC systems to sophisticated OOC has been the main big goal to design a functional HOC platform. When this will occur, clinical research, cancer research and patient’s personalized medicine and all the research converging to oncoimmunology will certainly benefit of these scientific milestones. The era in which anticancer drug testing to evaluate immune response will be performed in a HOC patient’s personalized avatar (resembling to a human ad hoc bio-avatar) can certainly be reached in the long-term future. The application of the deep learning algorithms to the development of these bio-avatars is crucial and can revolutionize the conceptual view and development of such advanced HOC models, particularly in the prediction of anticancer drug effects in immune response to tumors. In conclusion, research to implement advanced OOC platforms, including the OncoImmuno chip is indissolubly linked to the parallel research in neural network systems. The recent encouraging bodies of literature have demonstrated that OncoImmuno chips can be experimentally implemented in an HOC platform with integrated modular microdevices recapitulating a vascular system (Vunjak-Novakovic et al., 2013). Figure 10 delineates the major breakthroughs that led to advanced OOC systems and that can boost the realization of complex HOC integrated by AI algorithms and advanced smart OncoImmuno chips. In this regard, a HOC recapitulating the systemic metastatic spread has been proposed, which exploits the OOC modular concept. In this hypothetical model, there are multiple OOC modules (Blood-Brain barrier on-chip, Bone chip, Lung cancer chip and Liver chip) which have been previously successfully tested as working submodules (Figure 9). These chips can, in the mid-term future, be connected to generate a working metastasis HOC (Sontheimer-Phelps et al., 2019). This represents an encouraging example on the efforts to recreate an immune-oncology HOC by modular addiction of working OOCs via separate submodular experiments.
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FIGURE 10. From the dawn of microfluidic devices to the future Human-on-chip for oncoimmunology. Time-line of microfluidic chip evolution from simple Lab-on-Chip (LC) and CC (Cell-on-Chip) devices to Organ-on-Chip (OOC) platforms integrated by AI algorithms for on chip oncoimmunology applications, toward the development of complex multi-organs on chip for in-depth investigations.


In oncoimmunology, the affordability and accuracy of drug testing methods constitute urgent needs (Rebelo et al., 2016; Dehne et al., 2017). A module-based HOC may represent an optimal way to obtain advanced OOC networks, including immune system, in a fully modular bionetwork. Once finalized, this intricated bionetwork can certainly represent a powerful tool to develop novel anticancer drugs or therapies. The road developing a multi-organ connection is still extremely tangled and far to reach a real HOC system. However, the advent of new encouraging technologies, such as 3D bioprinting (Mota et al., 2020), mathematical models of networks (Cao et al., 2018; Wang Y. et al., 2019) and systems biology (Li et al., 2020), will represent relevant resources to reach this revolutionary scope.

An important issue to deal with is linked by the use of Matrigel for the assembly of microfluidic devices. This gel matrix was initially used in large scale for the recreation of the TME on chip. However, it holds several limitations, such as variability during manufacturing and complexity in composition. In fact, Matrigel is very difficult to handle, often subjected to batch-to-batch concentration variation and there are also some ethical issues related to its use (Aisenbrey and Murphy, 2020). For this reason, the assembly of microfluidic chips is gradually moving toward the use of other biocompatible gels, such as A PEG–maleimide hydrogel scaffold or a fibronectin-derived three-amino-acid peptide Arg-Gly-Asp, which binds to both αvβ3 and αvβ5 integrins, more affordable and ease to assembly. The constant research of new gel matrices suitable for the recapitulation of the TME on chip is of paramount relevance for boosting OOCs and HOCs platform optimization for unsolved oncoimmunology questions.

A final consideration should be outlined on the relationship between the evolution of on chip models and clinical research. If one is oriented to the development of an OncoImmuno chip platform aimed at solving a very specific biological problem, such as the response of immune cells to a tumor, this can require the design of a very simple chip. This will not be a time-consuming process and will not be expensive. On the contrary, if the main purpose is to solve advanced scientific problems, including sophisticated organ simulations, the development of a chip that will satisfy this condition will be time-consuming and very expensive. The developed OncoImmuno chip platform will be useful for basic research purposes rather than to solve a specific clinical problem. The Supplementary Table 3 defines all the major pros and cons to be considered for the use of microfluidic devices in oncoimmunology applications.
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Autosomal Dominant Polycystic Kidney Disease (ADPKD) is a major renal pathology provoked by the deletion of PKD1 or PKD2 genes leading to local renal tubule dilation followed by the formation of numerous cysts, ending up with renal failure in adulthood. In vivo, renal tubules are tightly packed, so that dilating tubules and expanding cysts may have mechanical influence on adjacent tubules. To decipher the role of this coupling between adjacent tubules, we developed a kidney-on-chip reproducing parallel networks of tightly packed tubes. This original microdevice is composed of cylindrical hollow tubes of physiological dimensions, parallel and closely packed with 100–200 μm spacing, embedded in a collagen I matrix. These multitubular systems were properly colonized by different types of renal cells with long-term survival, up to 2 months. While no significant tube dilation over time was observed with Madin-Darby Canine Kidney (MDCK) cells, wild-type mouse proximal tubule (PCT) cells, or with PCT Pkd1+/- cells (with only one functional Pkd1 allele), we observed a typical 1.5-fold increase in tube diameter with isogenic PCT Pkd1-/- cells, an ADPKD cellular model. This tube dilation was associated with an increased cell proliferation, as well as a decrease in F-actin stress fibers density along the tube axis. With this kidney-on-chip model, we also observed that for larger tube spacing, PCT Pkd1-/- tube deformations were not spatially correlated with adjacent tubes whereas for shorter spacing, tube deformations were increased between adjacent tubes. Our device reveals the interplay between tightly packed renal tubes, constituting a pioneering tool well-adapted to further study kidney pathophysiology.
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INTRODUCTION

Autosomal Dominant Polycystic Kidney Disease (ADPKD) is the most common genetic renal disease (incidence 1/1,000), and the fourth most common cause of end-stage renal failure worldwide, without curative therapies except dialysis or transplantation (Ghata and Cowley, 2017; Li, 2017). It is due to mutations in PKD1 (85% of cases) or PKD2 (15% of cases) genes that code for transmembrane proteins, polycystins 1 and 2 (PC1 and PC2), whose expression level is fundamental to maintain the renal epithelium architecture (Lu et al., 1997; Rossetti et al., 2009). Polycystins are involved in many signaling pathways coupled to proliferation, apoptosis, cell cycle, planar polarity and the regulation of cell adhesion and cytoskeleton organization (Chapin and Caplan, 2010; Castelli et al., 2013; Mochizuki et al., 2013; Cornec-Le Gall et al., 2019; Douguet et al., 2019).

ADPKD is characterized by enlarged kidneys in which progressive numerous and bilateral fluid-filled cysts extend from renal tubular epithelial cells (Grantham et al., 1987; Fick et al., 1993; Chapin and Caplan, 2010; Cornec-Le Gall et al., 2019). Fundamental mechanisms involved in cystogenesis are based on increased proliferation of epithelial tubular cells (Terzi et al., 1996; Yamaguchi et al., 2003; Cowley et al., 2006; Grimm et al., 2006; Lee, 2016) coupled with de-regulated apoptosis (Boca et al., 2006; Foy et al., 2012; Kurbegovic and Trudel, 2020), loss of planar polarity and misorientation during mitosis (Fischer et al., 2006; Castelli et al., 2013), and remodeling of extracellular matrix (ECM) (Wilson et al., 1992; Schafer et al., 1994; Ramasubbu et al., 1998; Joly et al., 2003; Subramanian et al., 2012). Relying on those mechanisms, human cysts reaching up to 3 mm in diameter detach from the parent tubule and migrate away while continuing expanding (Ghata and Cowley, 2017). Expanding cysts constrain the functional renal parenchyma, and participate to its progressive failure during ADPKD evolution.

Many studies focused on genetic and molecular factors involved in cystogenesis process during ADPKD (Chapin and Caplan, 2010; Cornec-Le Gall et al., 2014). However, the prominent influence of geometrical and mechanical factors has not yet been investigated. Recent studies on ADPKD patients and specific mice models suggest that primary cysts are randomly formed along the renal tubules, but that secondary cyst formation tends to be spatially clustered. An exponential increase in the probability of secondary cyst formation over time was even reported (Leonhard et al., 2015), in relation with the exponential growth in total kidney volume observed for patients (Grantham et al., 2006, 2008). These cascading events led to the snowball effect theory, relating that primary cyst growth would trigger secondary cyst formation in adjacent tubes and favor abnormal signaling pathways activation within renal epithelial cells. Indeed, neighboring non-cystic tubules were reported to have increased proliferation and apoptosis in the presence of cysts (Nadasdy et al., 1995; Woo, 1995; Grantham et al., 2011).

This snowball effect may be due to chemical coupling between adjacent tubes (El-Achkar and Dagher, 2015), combined or not to local mechanical alterations. Expanding cysts or dilating tubules may exert a mechanical influence on adjacent tubules, either by direct cell compression, or by flow disturbance due to the locally altered shape of tubules (Grantham et al., 2011). It is noteworthy that polycystins are key molecular actors in the control of mechanotransduction in renal tubules (Qian et al., 2005; Patel and Honoré, 2010). Polycystins are present in primary cilia, where their role as direct flow sensors through PC2 channel activity is still debated (Nauli et al., 2003; Delling et al., 2016), as well as in cell-cell and cell-matrix contacts (Huan and van Adelsberg, 1999; Wilson, 2001; Markoff et al., 2007; Lee et al., 2014). They have been centrally involved in mechanosensitive control of cytoskeletal organization and actomyosin contractility (Sharif-Naeini et al., 2009; Bhoonderowa et al., 2016; Nigro et al., 2019). The RhoA-YAP-c-Myc axis has been identified as a key mediator in ADPKD cystogenesis (Happe et al., 2011b; Cai et al., 2018), with YAP mechanosensing (Hippo pathway) playing a central role in the control of the size and shape of tissues and organs.

The geometrical organization of the kidney with densely packed tubules may have a key influence for mechanical or biochemical cross-talks between them. Hence, to decipher the geometrical factors involved in the propagation of deformations between adjacent tubes, we propose here to reproduce those physical properties by developing an array of renal tubules in advanced in vitro models called kidney-on-chips. Several microphysiological kidney-on-chips have already been developed to mimic different features of renal tubules, most of them reproducing the proximal tubule-like phenotype and metabolism. The first devices designed were composed of one or two channels in close contact (120–550 μm width) with renal epithelial cells, and were dedicated to the study of renal reabsorption (Jang et al., 2013; Vedula et al., 2017; Lin et al., 2019). More recent works intended to recreate the cylindrical geometry of tubules. Indeed, renal tubules are circular tubes of small diameters (50 μm in the proximal part), and in this range important confinement and curvature effects have been reported for the control of the collective organization of renal cells (Vedula et al., 2012; Yevick et al., 2015). 3D printing techniques were also used to generate circular tubes reproducing the proximal tubule (Homan et al., 2016; Lin et al., 2019), however typically with diameters larger than physiological ones. A versatile technology to generate cylindrical tubes is based on the principle of wire molding (Dolega et al., 2014). It was used to recapitulate the fundamental biochemistry of renal tubular epithelium displaying intracellular enzymatic functions with the vitamin D metabolism (Weber et al., 2016). It was also used to study renal collective dynamics in function of tube diameters (Xi et al., 2017), or to reproduce a change in diameter characteristic for transitions between the different parts of renal tubes (Venzac et al., 2018). While these different approaches have been focused on the study of renal transport function, morphology or collective cell organization, exploring cystic diseases with kidney-on-chips has been scarcely addressed. Recently, microlithography-based approaches were used to generate parallelepiped structures in a collagen-Matrigel matrix, with tube to cyst transition upon cAMP stimulation (Subramanian et al., 2018).

Nevertheless, a kidney-on-chip reproducing the geometry of tightly and cylindrical packed tubules to explore a renal disorder is still missing. In this paper, we report on a microfabrication approach to recapitulate renal tubes of physiological geometries, positioned in parallel with 100 or 200 μm spacing, in a biocompatible and deformable hydrogel. Using this unique device, we studied tube behavior upon seeding with several epithelial renal cell lines, and focused on tube deformation with an ADPKD cellular model.



MATERIALS AND METHODS


Cell Culture

MDCK cells (CCL-34 ATCC, NBL-2), stably expressing Lifeact-GFP, were maintained in DMEM supplemented with 10% FCS and 0.4 mg/ml geneticin at 37°C and 5% CO2. Mouse PCT-wild type cells, kindly given by Amanda Patel and Eric Honoré (Peyronnet et al., 2012), were maintained in DMEM/HamF12 (Thermo Fisher Scientific) supplemented with 1% SVF, 15 mM NaHCO3, 20 mM HEPES adjusted at pH 7.4 (Thermo Fisher Scientific), 2 mM glutamine, 5 μg/ml insulin (Sigma), 50 nM dexamethasone (Sigma), 1 μg/l EGF (Sigma), 5 mg/l transferrin (Sigma), 30 nM Na selenite (Sigma), 10 nM triiodo-L-thyronine (Sigma) and 125 μg/ml G418 (Sigma), at 37°C, 5% CO2. Maintained in a T75 flask, both cell types were split twice a week, when they reached around 70–80% of confluence. All cells were rinsed twice with DPBS (Sigma) and trypsinized with 2 ml of 0.05% Trypsin- ethylenediamine tetraacetic acid (EDTA) (Sigma) at 37°C. All the cell lines were used at a low passage in the different experiments: mostly between passage 6 and 20.

Mouse PCT Pkd1+/- and Pkd1-/- cells (respectively, PH2 and PN24 clones) were a kind gift of S. Somlo (Joly et al., 2006; Shibazaki et al., 2008; Wei et al., 2008). These cells, containing the Immortomouse transgene for the interferon-inducible expression of a thermolabile large tumor antigen, were amplified in proliferation conditions (33°C, with γ-interferon) and differentiated in differentiation conditions (37°C, without γ-interferon). Proliferation conditions were 33°C, 5% CO2, in DMEM/HamF12 supplemented with 3% SVF, 7.5 nM Na selenite, 1.9 nM triiodo-L-thyronine, 5 mg insulin, 5 mg transferrin, 100 UI/ml penicillin/streptomycin, 5 mg/ml nystatin (all from Sigma), and 10 UI/ml γ-interferon (Millipore). Cells were differentiated in the same media without γ-interferon, and with 1% SVF instead of 3% SVF, at 37°C, 5% CO2. For 2D immunofluorescence and qRT-PCR experiments, cells were cultured in this medium 7 days before using them in the experiments, at 37°C with 5% CO2, to favor cell epithelialization. According to S. Somlo’s group’s specifications, we confirmed by PCR on genomic DNA the presence of a null Pkd1 allele on exon 1, the insertion of lox sites flanking exons 2–4 in one allele of Pkd1+/- cells, and the deletion of this floxed Pkd1 part in Pkd1-/- cells.



qRT-PCR Experiments

2D data correspond to PCT cells differentiated for more than 1 week in differentiation media. Primer sequences, designed with: https://www.ncbi.nlm.nih.gov/tools/primer-blast, were as follow. Primer efficiency was measured on 4 serial dilutions from 1× to 1,000× cDNA. The efficiency E was calculated according to E = 101/slope. Efficiencies calculated were between 93 and 111%. mATP1A1 primers were found on Origene (atp1a1-mouse-qpcr-primer-pair-nm_144900). See SI for the sequences of primers.

Total RNA was extracted from differentiated cells using NucleoSpin RNA (Macherey-Nagel). Reverse transcription reactions were performed on 2 μg of total RNA with the high-capacity cDNA reverse transcription kit (Thermo Fisher Scientific) with random hexamers, and mixed with the Applied BiosystemsTM PowerUpTM SYBRTM Green Master Mix (Thermo Fisher Scientific) and 5 pmol of both forward and reverse primers (see below). cDNA was diluted 50×. Real-time PCR was carried out using a SteponePlus PCR system (Thermo Fisher Scientific) with the following cycles: 95°C for 10 min (95°C for 15 sec, 60°C for 1 min) × 40 times and read plate. Melting curves from 55 to 95°C (read every 1°C and hold 1 s) were generated. Reactions were run in technical triplicates. Expression data were normalized to the GAPDH housekeeping gene. Analyze used DeltaCt between target and normalizator, then 2–DeltaCt. Statistical t-tests were performed on DeltaCt values. Pkd1-/- vs. Pkd1+/- fold values are represented.



Microfabrication and Device Design

The design of the chip was first drawn with Catya (Dassault Systems, France) and milled on a 50 × 50 × 3 mm brass bloc with a micromilling machine (Minitech, Georgia, United States). The patterns were then transferred via hot embossing (130°C, 7 bars, 10 min) on a 2-mm thick Cyclic Olefin Copolymer (COC, TOPAS 8007-04) plate, a thermoplastic displaying an optimal optical index for the tubes visualization under a microscope (Mottet et al., 2014). On the COC plate, the patterns comprised a rectangular reservoir (1 mm wide, 5 mm long and 300 μm deep) in which the tubes were molded in collagen I, five 1 mm long, 90 μm wide and 90 μm deep grooves on each side of the reservoir, separated by 100 or 200 μm and in which the wires to mold the tubes were positioned (see Figure 1). Two connectors with a semi cylindrical bottom at the side of the COC plate were placed at both extremities of those grooves, with a continuous transition. Liquids and cells were injected through those two connectors.
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FIGURE 1. Chip microfabrication and cell seeding. (A) Top and (B) side views of the sequential steps for microfabrication and cell seeding: (1) Collagen was poured on top of the tungsten wires placed in a micromold and maintained by PCR tape. (2) Wires were removed. At this stage an additional coating could be applied. (3) Cells were seeded in tubes, and (4) colonized it in a few days.


In order to obtain an adequate covalent adhesion of collagen I, the COC reservoir surface was first treated with an oxygen plasma (Cute, Femto Science, South Korea) at 50 W, 50 kHz, 0.7 mbar during 1 min, and then silanized with 2% of (3-Aminopropyl) triethoxysilane (Sigma) in Phosphate Buffer Saline (Sigma) followed by 0.5% of glutaraldehyde in PBS, each incubation lasting 30 min at room temperature. Between both incubations, the chip was washed three times in deionized water before immersing it in water, and incubating it at 4°C overnight. Two short silicone tubings were bonded in the connectors with epoxy glue (Sader). Then, five tungsten wires of 80 μm diameter (Goodfellow, United Kingdom) were first incubated during 30 min at room temperature in a 1% bovine serum albumin (BSA) solution in PBS, then gathered through the two silicone tubings before being positioned in the grooves of this COC base. Afterward, the COC plate was covered with a pressure sensitive PCR tape (ThermalSeal RTSTM, Excel Scientific, Sigma) except for the reservoir which stayed open (Serra et al., 2017). Finally, the central reservoir and the connectors were then incubated in degassed and filtered PBS for 1 h, at 37°C to absorbed bubbles forming at the grooves. Collagen I mix was prepared on ice by mixing collagen I from rat tail (Corning), PBS 10X, NaOH 1N and distilled water to obtain a final collagen concentration of 6 mg/ml at pH 7. As the collagen I mix is highly sensitive to temperature changes, the collagen I mix was continuously kept on ice at 4°C, and was gently blended with an appropriate spatula before being centrifuged less than 30 s to prevent air bubbles trapping and to pull them up, respectively. Afterward, the degassed PBS was removed from the COC plate beforehand put at 4°C during 15 min, and replaced with 80 μl of collagen I mix, gently poured above the open reservoir. The whole set-up was incubated at 37°C, 5% CO2 and under humidified atmosphere for 2 h, before placing a PBS droplet above the collagen I mix to keep it wet. This last step was crucial to shape empty tubes: the polymerized collagen I never stayed dry. Eventually, after collagen I polymerization, wires were gently removed through the connectors in order to get five empty cylindrical microchannels. From this step, the chip remained immersed in PBS or cell culture medium after the seeding.



Coating and Cell Culture On-Chip

Once empty tubes in collagen I were shaped, they were covered with a thin layer of different proteins composing the ECM for 1 h, at 37°C, before cell seeding. Several proteins were individually investigated: collagen IV (Sigma), laminin (Sigma), and Matrigel (Corning; derived from the basal lamina secreted by a murine tumor, composed of many different proteins). To this end, laminin (Sigma) coupled or not with a fluorescent dye, rhodamin (Laminin-Rhodamin, Tebu-bio), was diluted in culture medium (0.02 mg/ml), as well as Matrigel (50:50). Collagen IV was mixed with water and NaOH 1N to reach a final concentration of 0.5 mg/ml. An acid acetic solution was used to adjust its pH to 7.4 (neutral pH). Afterward, 50 μl of those different coating proteins were slowly and gently manually injected with a P10 pipette in the collagen I tubes from a connector. The chip was then immersed in PBS, and incubated at 37°C, under humidified atmosphere, with 5% CO2 for 1 h. The channels were finally washed twice with PBS, and seeded.

Cells were concentrated at 5.106 cells/ml in the appropriate culture medium. The MDCK cells were directly and carefully injected by pipetting within the tubes. However, they quickly passed through the tubes, decreasing the cell adhesion probability on the channel walls. Consequently, Pkd1 cells that were smaller after the trypsinization step, were concentrated at 5.106 cells/ml in differentiation medium mixed with 4% Dextran (70 kDa, Sigma). As for the coating proteins, cells were slowly and gently injected manually in the tubes, with a P10 pipette, to prevent air bubbles entry as much as possible with a liquid-liquid interface between the connector and the pipette tip. It was usually realized on both sides of the chip, through the two connectors. After the cell seeding, the chip was immersed in 8 ml of cell culture medium, in a Petri dish placed in the incubator, at 37°C, 5% CO2 atmosphere. Half of the medium was changed every 2 or 3 days and cells were followed during several weeks (generally more than 3 weeks).



3D Cell Labelling and Imaging

For live cells experiments lining the tubes, bright light images were acquired every 2–5 days with a cell culture microscope (Leica). For immunostaining experiments, chips were washed three times with PBS containing CaCl2 and MgCl2 (Sigma), then fixed with 4% paraformaldehyde for 15 min at room temperature: 3 ml of each solution were successively deposited on collagen I. During all the immunostaining protocol, the collagen I scaffold remained immersed in liquid to prevent it from drying. Carefully detached from the COC surface with thin tweezers, the collagen I scaffold was then immersed in a permeabilization buffer composed of 0.1% Triton X-100 (LifeTechnologies) and 2% BSA (Sigma) diluted in PBS for 5 min. The collagen I scaffold was then washed again three times with PBS to remove Triton X-100, and blocked in a solution of PBS with 4% BSA-0.1% Tween 20 for 2 h at room temperature, and under humidified atmosphere. For F-actin labeling, the tubular scaffold was labeled with phalloidin-TRITC (Sigma) and nuclei were counterstained with Hoechst (Sigma), in a humidified chamber and at room temperature for 45 min. Rinsed three times with the blocking buffer for 30 min each, the collagen I scaffold was then mounted with the VectaShield mounting medium (Vector Laboratories) in a homemade PDMS chamber, and imaged under a confocal microscope (Zeiss, PICT-IBiSA Imaging platform from Institut Curie).



Image Representation and Analysis

Images acquired were analyzed on ImageJ software (NIH). For visual representation in figures, color balance was individually adjusted for each image. For some images in Figure 3, a denoising was performed with Safir ImageJ plugin (Kervrann and Boulanger, 2006).

For analysis of 3D confocal stacks at high resolution, Pkd1+/- and Pkd1-/- tube diameters in a horizontal section were manually measured at the center part of the field. Quantification of cell density was performed by manually counting nuclei on 100 × 50 μm2 area, randomly chosen for each image at the middle of the inferior half of the tube. Four images (over 28) with Pkd1+/- tubes of aberrant sizes (superior to 125 μm), very likely corresponding to initial aberrant tubes, were removed from analysis. A home-written ImageJ macro was also developed in order to analyze confocal high-resolution images, and was used here to check shape modifications induced by Pkd1-/- culture. Sequential steps were (1) enhancing of the local contrast of each image with the CLAHE plugin, (2) reducing the background noise, (3) fitting the external contour of the F-actin labeled tubes with an ellipse, producing an envelope of the tube and its transversal section over its length.

For F-actin orientation analysis in tubes, the ImageJ OrientationJ plugin was used (written by Daniel Sage at the Biomedical Image Group (BIG), EPFL, Switzerland)1 (Rezakhaniha et al., 2012). Briefly, for each pixel-centered window, the orientation is analyzed based on a structure tensor, and both an angle value (local predominant orientation) and a coherency value were obtained. Coherency is a measurement of the “strength” of the local orientation (coherency close to 1 for a strong local orientation, and to 0 for no preferential local orientation), and is defined as the ratio between the difference and the sum of the maximum and minimum tensor eigenvalues.

Images acquired with confocal at high resolution (40× objective) were rotated to yield horizontal tubes, and a maximum z projection of the inferior half of the tube (with the highest signal) was performed. The analysis was done on a rectangle corresponding to the center half of the projection (white rectangles in Figures 4A,D). This rectangle was drawn in the middle of the projection, where the effects of the curvature of the cylinder are minimal: we thus neglected this curvature in our analysis. “Distribution of orientation” menu was selected, giving a weighted histogram, with weight being the coherency. Histogram values presented were normalized by the surface area of the window (in pixels2). Following parameters were used: min-coherency = 0, local window σ corresponding to 2 μm (between 5 and 12 pixels depending on image zoom), gradient: cubic spline. A parallel analysis was performed with local windows of 8 μm with close results.

For the analysis of tubes along time: after acquisition of time movies of live cells experiments lining the tubes (Δt = 2–5 days, typical images in Supplementary Figure 2A), masks of cylindrical channel contours (Supplementary Figure 2B, left, day1 corresponding to Supplementary Figure 2A) and masks of regions filled with cells (example in Supplementary Figure 2B, right) were drawn using a drawing tablet (Cintiq, Wacom, Japan) and a home-written ImageJ macro. Superimposed images of mask-tubes (green) and mask cells (red) are shown in Supplementary Figure 2C: the yellow parts correspond to cells present in channels, the green parts to empty channel regions, the red parts above or under channel to cell “invasion” (protrusions or cells extending in collagen matrix). The analysis shown here is focused on the part of tubes that is common to all channels and all times (Supplementary Figure 2D, right): indeed, some chips encountered defects at left or right moieties of the chip along time, mainly due to cell growth from the groove region, that prevented the analysis of the corresponding part of the tube for these time-points. However, total individual channel data (Supplementary Figure 2D, left) were also collected, giving only marginal differences in the results.

In more details: first, for a given stack, horizontal contours were extracted from tube masks for diameter analysis (Supplementary Figure 2E), with the approximation that tubes were revolution surfaces and that the projection visible on images corresponded to local cylinder diameter. For cell density (Supplementary Figure 2F) and invasion (Supplementary Figure 2H) analysis, we determined the intersection between cell masks and tube masks (cell areas inside tubes), and cell masks with the exclusion of this intersection (cell invasion); global areas were calculated, as well as local cell densities (in function of x, principal direction of the tubes), defined as the sum of contributions of the different cell masks.

Data generated by the analysis of individual stacks were afterward aggregated for global statistics. Tubes with important deformations at initial times were excluded for the analysis (for the whole analysis, it concerned 25 out of 48 × 5 = 240 tubes, i.e., ∼10% of the tubes).

Binned cell densities as a function of time after seeding correspond to following sequential operations: 1. Mean of each tube local diameters along x; 2. For each time, mean on the selected tubes in each individual chip; 3. For each time bin (]0 3[ days, [3 6[ days), mean of the different values if the considered chip has several time points in the considered bin, 4. Mean and S.E.M. (Standard Error of the Mean) of the different chips were calculated (and represented at the upper limit of the binning interval). Correlations reported are the mean between tubes of the correlation coefficients (Matlab corcoeff) at each time, between adjacent external contours of two different tubes (tube correlation), or between the local diameter of one tube and the local spacing of the adjacent intertube. The kinetics of tube deformation were computed as a function of time after confluency, determined independently for each tube. For the study of maximal tube deformation over time, only tubes monitored for at least 6 days after confluency were selected, and we also checked that the results and the difference between conditions were similar considering a similar duration of observation after confluency.

Means and plots were performed on Kaleidagraph, Matlab and and Excel. Error bars refer to S.E.M. unless otherwise specified. F- and t-tests for statistical analysis were performed on Excel, assuming a normal distribution of the data.



RESULTS


Reproducing Kidney Architecture on Chip

In order to investigate the formation of renal cysts and the likely associated snowball effect, the development of new in vitro models recapitulating the tightly packed organization of nephrons in the kidney is necessary. Here we focused on mimicking the geometrical and mechanical characteristics of parallel proximal tubules (the first segment of the nephron). We chose to develop a biomimetic scaffold with aligned, parallel and regularly spaced circular channels in a biocompatible and deformable hydrogel, in order to allow both mechanical and chemical coupling between tubes. Tube diameter should be as close as possible as in vivo, in the range of 50 μm for the lumen diameter (Knepper et al., 1977; Xi et al., 2017; Venzac et al., 2018). For that purpose, a microfabrication technique based on wire molding (Dolega et al., 2014; Weber et al., 2016; Venzac et al., 2018) was developed, in which collagen hydrogel was gelled around pre-positioned 80 μm diameter tungsten wires, followed by the removal of the wires to create parallel circular hollow channels in the hydrogel.

In practice, an open microfluidic chip was embossed on a cyclic olefin copolymer (COC) plate using a micro-milled brass mold. The structures consisted of an open rectangular reservoir to contain collagen I, with channels on each side containing five grooves each, sealed with a pressure sensitive PCR tape (Serra et al., 2017), in order to control the wire positions. We used horizontal connectors to silicone tubings to seed cells after collagen polymerization and wire removal (Figure 1). The production of a long-lasting mold with 3D features (including slopes and half cylindrical connectors) was only possible through micro-milling. Embossed COC allowed the reusability of the rigid microfluidic chip, and a good imaging due to its transparency, controlled thickness and low autofluorescence (Van Midwoud et al., 2012; Roy et al., 2013).

For hydrogel injection in the central chamber, we used collagen I, the main ECM component, at different concentrations: 2.5, 4, and 6 mg/ml. For 2.5 and 4 mg/ml, the circular channels were not stable and uniform, and some of them collapsed. Proper molding of five parallel channels was obtained with 6 mg/ml collagen, as previously reported (Weber et al., 2016), with a success rate of 90%. Diameters after demolding, and immediately after cell seeding (D0), were compared to the initial diameter of the 80 μm tungsten wire: we observed an increase of diameter, as assessed by its horizontal projection, of about 20% of the expected diameter after the different microfabrication steps, principally due to the demolding step (Supplementary Figure 1A). The first experiments were performed with a distance of 200 μm between the cylinders, which was afterward reduced to 100 μm to obtain more tightly packed tubes.

These cylindrical channels were then coated or not with different proteins constituting the basal membrane, which is mainly composed of laminin and collagen IV (Rahilly et al., 1991; Miner, 1999; Ogawa et al., 1999): both laminin and Matrigel were used, with efficient coating assessed with fluorescent laminin-Rhodamin (Supplementary Figure 1B). To evaluate the potential of this device to reproduce nephron structures, different renal cell lines were used to create kidney tubes: MDCK cells, and cells derived from mouse proximal tubule and models for ADPKD (Supplementary Figure 5, Pkd1-/- and Pkd1+/-). Cells were seeded from the horizontal inlet with a density of 5.106 cells/ml. The initial density after cell adhesion in tubes was difficult to control, so that in order to limit any related bias, the kinetics of each tube deformation was analyzed taking tube confluency at the starting point. The cells were then kept in culture during up to 2 months, cell colonization and tube deformation were monitored and analyzed over time.



Control MDCK Cells Colonize Tubes and Do Not Lead to Tube Dilation

MDCK cells were first used as a classical model of renal cells (de Beco et al., 2009; Delous et al., 2009; Reffay et al., 2014; Bhoonderowa et al., 2016) for initial tests on cell viability, colonization and mechanical deformations of collagen-based tubes. MDCK cells were able to colonize nicely tubes, and to survive 1–2 months in tubes (Figure 2). Cells in tubes were organized in monolayer, and reached confluency with cohesive intercellular junctions, as assessed by ZO1 (Zonula occludens-1) labeling of tight junctions (Supplementary Figures 3A,B). Tubes exhibited no or minimal dilation over time, up to two months. We did not observe any significant influence of the coating on the colonization time or tube diameters (Supplementary Figure 3C). Mean data binned with 3-days interval are presented in Figures 2B,C. Confluency was achieved in ∼2 weeks after cell seeding (Figure 2B). A mild decrease of mean tube diameters (normalized with diameter at seeding, Figure 2C) occurred at early time points even before confluency, with an amplitude of ∼10% of the initial diameter. The tube diameter remained thereafter constant after confluency, for about 1 month (Figure 2C). Figure 2D depicts the maximum over time of the mean diameter of all different individual tubes. It was very close to 1 (1.03 ± 0.04, n = 31), further illustrating the absence of tube dilation after seeding with cells.
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FIGURE 2. Behavior of MDCK cells in tubes. (A) MDCK-Lifeact-GFP cells were seeded within tubes molded in collagen I at 6 mg/ml, and observed under an optical microscope over time. The temporal evolution at days 9 and 13 after seeding is represented (before and at confluency) is represented. Scale bar: 100 μm. (B) Mean cell density over time (n = 12 MDCK chips). The temporal scale refers to time after cell seeding for colonization curves. Tubes with or without laminin coating were pooled, because of similar behaviors in these two conditions (see Supplementary Figure 8 for separated behavior). The mean curve remains below cell density 1 (corresponding to full colonization) reflecting the fact that some tubes were never fully colonized with cells. Error bars: S.E.M. (C) Kinetic evolution of mean tubes diameter normalized by diameters at seeding as function of the time after tube confluency. The temporal scale refers to time after confluency for curves of tube deformation. A blue horizontal line at D/D0 = 1, corresponding to no change in diameter, is indicated. Chips with or without laminin coating were pooled. Each time point corresponds to 19–30 tubes. Error bars: S.E.M. (D) Maximum (over time) of the mean normalized diameter. Tubes with or without laminin coating were pooled. Points correspond to individual tube values. Central bar, median; cross, mean; box, values between Q1 and Q3 quartiles; error bars, extreme values [between Q1 - 1.5*(Q3 - Q1) and Q3 + 1.5*(Q3 - Q1)]. (C,D) were computed only for tubes having reached full confluency during the observation period.


Altogether, these results show that MDCK cells colonized efficiently tubes, without dilating the tubes along time.



Organization of PCT Pkd1-/- and Pkd1+/- Cells in Tubes

In order to assess the specific mechanical behaviors of cells model for ADPKD in this biomimetic multitubular device, PCT Pkd1-/- and Pkd1+/- cells were seeded in tubes. These isogenic cell lines were derived from proximal tubule cells of a transgenic Pkd1flox/– mice; the resulting cell line was transfected or not with Cre recombinase to yield Pkd1-/- cells and Pkd1flox/– cells that function effectively as Pkd1+/- cell lines (Shibazaki et al., 2008). The PCT Pkd1-/- cells were previously characterized as an ADPKD model, forming cysts when cultured in a 3D collagen/Matrigel matrix, while the control Pkd1+/- cells self-organized in tubules instead (Wei et al., 2008). Concerning the choice of a proximal cell line, it is important to note that ADPKD cysts have been observed in all parts of the nephron (proximal and distal) (Baert, 1978; Torres and Harris, 2006; Vujic et al., 2010). In human models, a contribution of proximal cysts was observed from aquaporin immunolabeling and early microdissection studies (Huseman et al., 1980; Bachinsky et al., 1995; Hayashi et al., 1997), while in the different animal models the situation appears heterogeneous, with studies suggesting cysts originate from the collecting tubes before extending to the different segments (Hopp et al., 2012; Saito et al., 2018), but with possible underestimation of the proximal contribution due to differentiation issues (Hopp et al., 2012), and high sensitivity to initial conditions (Leonhard et al., 2016). In our experiments, while heterozygous Pkd1+/- cells mostly behaved like WT PCT cells in 2D or 3D (not shown), homozygous PCT Pkd1-/- cells, lacking the functional Pkd1 gene on both chromosomes, exhibited hallmarks characteristic for ADPKD, including an increased proliferation rate (∼1.8-fold, Supplementary Figure 4) (Wei et al., 2008) and an increased extrusion in confluent cultures (not shown). Basic properties of adhesion and apico-basal polarity were assessed by RT-qPCR on cells cultured in 2D. We observed no significant change in the expression of actin or cell-matrix adhesion genes, but a significant decreased expression for apico-basal polarity markers ezrin and Na/K-ATPase, and for intercellular adhesion E-cadherin and N-cadherin genes, in PCT Pkd1-/- compared to Pkd1+/- cells (Supplementary Figure 5).

To promote efficient tube colonization, cells were seeded in tubes in proliferative state, and differentiation was initiated right after seeding. All PCT cell lines colonized the tubes and could be kept in culture up to 1 month. The prominent feature was that Pkd1-/- cells dilated tubes over time, whereas control Pkd1+/- cells did not. Before describing how renal cells could affect tube structure, we first present their global organization in the 3D collagen scaffold (Figure 3). Cell monolayers with lumen formation were observed a few days after confluency for both cell lines. At this early stage, Pkd1-/- tubes already appeared more dilated and circular than Pkd1+/- tubes (Figures 3C,D). We also observed an increased cell density in Pkd1-/- tubes compared to Pkd1+/-, respectively, 94 ± 7 cells/10 000 μm2 (n = 10), vs. 53 ± 3 cells/10 000 μm2 (n = 22; p < 10–5), in line with the increased proliferation for the ADPKD model already reported in 2D.
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FIGURE 3. PCT Pkd1+/- and Pkd1-/- organization in tubes. Cells were labeled for F-actin and nuclei, and imaged at confocal both at low and high resolution to study the global cell organization and F-actin organization. Confocal images of tubes labeled with phalloidin-TRITC (red) and Hoechst (blue). (A,B) global organization of Pkd1+/- (A) and Pkd1-/- (B) tubes imaged at a low resolution (10× objective). Maximal z projections. Mean tube diameters of tubes in the chips shown, as assessed by z projection, were, respectively, ∼85 and 135 μm for the chips shown in (A,B), in agreement with Pkd1-/- tube deformation. (C,D) Pkd1+/- (C) and Pkd1-/- (D) tubes imaged at a high resolution (40× objective) in steps corresponding to the first early steps of tube dilation for Pkd1-/- cells. Confocal section (left) and orthogonal projection (right). A median filter (3 pixels) was applied on orthogonal projection images. Scale bar, 100 μm. Mean diameters measured for tubes imaged at high resolution were 85 ± 10 μm for the Pkd1+/- condition and 95 ± 5 μm for the Pkd1-/- condition for high resolution images (S.D. are indicated). Here 24 images of Pkd1+/- tubes and 10 images of Pkd1-/- tubes were done (performed, respectively, on 8 and 7 chips).


ADPKD is associated with disorders in cellular orientation, in particular misaligned divisions and loss of planar polarity (Fischer et al., 2006; Happe et al., 2011a; Nigro et al., 2015). The orientation of the F-actin fibers, reflecting cytoskeleton organization and cell orientation, was specifically assessed in our system. We observed in most cases numerous stress fibers, mostly aligned along the Pkd1+/- tube axis, while Pkd1-/- tubes exhibited either a similar pattern or more disorganized fibers. A quantification was performed by OrientationJ analysis of the z projection of the lower half of tubes, a global measurement which included primarily stress fibers in the basal plane, but also the contour of cells in the middle plane (Figures 4A–F). Both Pkd1+/- tubes and Pkd1-/- tubes exhibited a clear F-actin alignment along the tube axis (Figure 4G), with about half of angles ranging between −10° and 10° for both cell lines (55% for Pkd1+/- tubes and 42% for Pkd1-/-). An important difference between the two conditions is that the density of oriented fibers appeared higher in the Pkd1+/- condition (Figures 4A–F). This was quantified by a coherency measurement (Rezakhaniha et al., 2012; Clemons et al., 2018), where coherency is a measurement of the strength of orientation, close to 1 for a strong local orientation, and to 0 for no preferential local orientation. Figure 4H shows a statistically significant difference between the coherency in Pkd1+/- and Pkd1-/- tubes (p < 0.05, Figure 4C, respective coherency values 0.35 ± 0.03, n = 28, and 0.23 ± 0.03, n = 10). This illustrates a denser organization of parallel F-actin fibers oriented along the tube axis for Pkd1+/- cells. This denser array of F-actin may be linked to two phenomena: the orientation of the cell division axis (not quantified), and the mechanical stabilization of the soft tube. This observation is in agreement with a model where dividing Pkd1+/- cells would tend to push cells in the direction of tube elongation, and not to dilate tubes, contrary to dividing Pkd1-/- cells.
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FIGURE 4. F-actin orientation of PCT Pkd1+/- and Pkd1-/- cells in tubes. (A–F) F-actin labeling in Pkd1+/- (A–C) and Pkd1-/- (D–F) tubes. (A,D) Left: z projection of the inferior half of the tube is shown, scale bar 100 μm. Right, confocal section at the middle of the tube. OrientationJ analysis was performed in a central rectangle corresponding to half of the tube (white rectangle in A,D), in order to get rid of border effects. (B,E) Zoomed part, (C,F) Orientation vector fields (yellow arrows). Magnitude normalized by the strength of orientation (coherency) is represented. Coherency is low in the Pkd1-/- condition, so that arrows are barely visible in (F). (G) Distribution of F-actin local orientation as assessed by OrientationJ software for PCT Pkd1+/- (blue) and Pkd1-/- (red) cells. The analysis was done at a subcellular scale, with a 2 μm local analysis window. Histograms given by OrientationJ are pondered by coherency, meaning that the angle determined for a given window has a more important contribution if there is a clear-cut local orientation. Each histogram is normalized by the size of the analyzed area (in pixels2) before averaging. The analysis was performed on pooled coating conditions (laminin, ECM and collagen), with the majority of tubes corresponding to laminin coating in Pkd1-/- and Pkd+/- conditions. (H) Mean coherency (per pixel) for PCT Pkd1+/- (blue) and Pkd1-/- (red) cells. ∗Statistically significant difference with p < 0.05. Each point corresponds to one image.


In conclusion, shortly after confluence, cells were organized in monolayers in the 3D circular collagen scaffold in the different coating conditions. Pkd1-/- tubes, slightly dilated even for short culture time and exhibited an increased cell density, and a decreased density of F-actin fibers oriented along the tube axis.



PCT Pkd1-/- Cells Lead to Strong Tube Dilation, Contrary to Their Isogenic Control

The behavior of PCT Pkd1-/- and Pkd1+/- cells lining collagen tubes after confluency was further investigated as a function of time (Figure 5 and Supplementary Figures 7–9). Both cell types colonized efficiently the tubes in 10–15 days, with a colonization rate that seemed quicker for Pkd1-/- cells (Figure 5C). As already observed right after confluency and as expected for non-ADPKD conditions, no significant dilation of the tubes was observed for Pkd1+/- tubes, regardless of the coating (Figure 5A and Supplementary Figures 7, 8). In particular, D/D0 remained close to 1 over time (Figure 5D), as well as the maximum over time of the normalized diameters (1.13 ± 0.09, n = 15, Figure 5E). Short cytoplasmic extensions into the collagen were rarely observed for both cell types (Supplementary Figures 7A, 10). At last, first results on PCT WT cells suggested that they behaved similarly to PCT Pkd1+/- cells, with no mean tubular dilation (Supplementary Figure 6).
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FIGURE 5. PCT Pkd1+/- and Pkd1-/- tube deformation in chips with 200 μm spacing. (A,B) Examples of temporal evolution of tubes with laminin coating, for Pkd1+/- cells (A) and Pkd1-/- cells (B). Scale bar:100 μm. Days after seeding: (A) 11, 16 (confluency), 20, (B) 9, 10 (confluency), 14. (C–E) Quantitative analysis, n = 12 Pkd1+/- chips (black) and n = 14 Pkd1-/- chips (red), all coatings pooled (see Supplementary Figure 8 for separated behavior). (C) Mean cell density over time. Error bars: S.E.M. (D) Kinetic evolution of mean tubes diameter normalized by diameters at seeding, in function of the time after tube confluency. A blue horizontal line at D/D0 = 1, corresponding to no change in diameter, is indicated. Each time point corresponds to 8–35 tubes for Pkd1-/-, 9–20 tubes for Pkd1+/-. Error bars: S.E.M. (E) Maximum (over time) of the mean normalized diameter. Points correspond to individual tube values. Central bar, median; cross, mean; box, values between Q1 and Q3 quartiles; error bars, extreme values [between Q1 - 1.5*(Q3 - Q1) and Q3 + 1.5*(Q3 - Q1)]. (D,E) were computed only for tubes having reached full confluency during the observation period. ∗∗ indicates statistically significant difference with p = 0.0002.


On contrary, tube dilation was consistently observed in Pkd1-/- tubes independently of coating conditions (Figure 5B and Supplementary Figures 7, 8). The kinetic evolution illustrates a mean Pkd1-/- dilation of ∼60% compared to the initial value (Figure 5D). The maximum deformation (over time) was 1.43 ± 0.03 (ntubes = 28) reflecting a large tube dilation (Figure 5E). Tubes remained globally homogeneous in diameter when dilated (Supplementary Figure 9A). Altogether, these experiments showed that Pkd1-/- lining collagen tubes induce a significant tube dilation.

Once demonstrated that Pkd1-/- cells induced a significant tube dilation, we investigated whether the five tubes present in collagen were mechanically coupled. To do so, we performed several quantifications. The intertube spacing was measured and showed a decrease from 190 μm to ∼160 μm 25 days after seeding (Supplementary Figure 9B). This intertube spacing was compared to the local tube deformation: a clear anticorrelation was observed (Supplementary Figure 9C), in agreement with the idea that the tube deformation led to a short-scale remodeling of the intertube matrix. This suggested that each dilation event was independent. At last, correlation coefficients were calculated between adjacent contour lines in adjacent tubes (Supplementary Figure 9D), in order to evaluate if local deformations of one tube spatially corresponded to local deformations of the neighbor tube. These data showed that, in these conditions (tube spacing of 200 μm), tube dilations were not significantly coupled.



Pkd1-/- Tubes Come in Contact After Dilation in 100 μm Spaced Chips

Although the matrix stiffness allowed the tubes to be mechanically deformed in an ADPKD model, a spacing of 200 μm seems to be too important for the propagation of a mechanical coupling. The spacing between tubes was thus reduced to 100 μm after optimization of the micro-milling technique (Figure 6). Similar experiments with laminin coating only were conducted with tube spacing of 100 μm. As a control, we verified that even in this close proximity Pkd1+/- cells still did not deform collagen tubes (not shown). Strikingly, with this reduced spacing between tubes, some Pkd1-/- tubes could be in close proximity after dilation, with the creation of a plane interface between tubes (Figure 6A). We observed that both the rate of deformation and the maximal deformation induced by Pkd1-/- cells were increased in the 100 μm spaced tubes compared to the 200 μm spaced condition (Figures 6B,C). The maximum over time of the normalized diameters in 100 μm spacing chips was significantly larger than in the corresponding laminin-coated 200 μm spacing chips (respectively, 1.6 ± 0.07, n = 26, vs. 1.33 ± 0.06 for laminin-coated conditions, n = 15, p = 0.001, Figure 6C). These data strongly suggest that tube proximity modulates the geometry and the rate between neighbor tube deformation in an ADPKD model.
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FIGURE 6. PCT Pkd1-/- tube deformation in chips with 100 μm spacing. (A) Example of temporal evolution of tubes seeded with Pkd1-/- cells at days 2, 4, 10, 17, 23, and 25 after seeding. Scale bar:100 μm. (B,C) The behavior in 100 μm spacing tubes (yellow) was assessed with laminin coating and compared to the behavior in 200 μm spacing laminin-coated tubes (red). (B) Kinetic evolution of mean tube diameter normalized by diameter at seeding, in function of the time after tube confluency. A blue horizontal line at D/D0 = 1, corresponding to no change in diameter, is indicated. Each time point corresponds to 9–26 tubes for 100 μm spacing, 4–19 tubes for 200 μm spacing. Error bars: S.E.M. (C) Maximum (over time) of the mean normalized diameter. Points correspond to individual tube values. Central bar, median; cross, mean; box, values between Q1 and Q3 quartiles; error bars, extreme values [between Q1 - 1.5*(Q3 - Q1) and Q3 + 1.5*(Q3 - Q1)]. (B,C) were computed only for tubes having reached full confluency during the observation period. ** indicates statistically significant difference with p = 0.001.




DISCUSSION

In this paper, we describe the development of a new generation of kidney-on-chip with parallel aligned circular tubes, of 80 μm diameter and 100 or 200 μm spacing, in a biocompatible and deformable collagen I. This chip was designed in order to reproduce geometrical, mechanical and biological characteristics of an array of renal proximal tubules with the aim to study physiopathological mechanisms of ADPKD. We first observed that our tubes were nicely colonized by different renal cells, with a long-term survival, in agreement with literature (Weber et al., 2016). No mean tubule dilation was observed with MDCK tubes. It is noteworthy to mention that MDCK tube dilation might have been triggered with some drug treatments, like cAMP agonists, as reported for renal cells in a bioengineered guided kidney tubule array system, where forskolin treatment of mIMCD3 cells induced a transformation from tubules to progressively dilating cystic structures (Subramanian et al., 2018). However, the scope of our study was to study the behavior of specific ADPKD models. Then we showed that contrary to Pkd1+/- cells, Pkd1-/- cells, as an ADPKD model, were able to induce an important tube deformation. These observations are in agreement with tubular dilation expected for this disease demonstrating the physiological relevance of our model. Furthermore, our multitube chip design with spacing between tubes reduced to 100 μm allowed for the first time to reveal possible mechanical coupling between tubes, which could play a central role in ADPKD cyst propagation.

The behavior of proximal tubular cells has recently been described in single tubes in collagen I (120 μm diameter) with collagen IV coating (Weber et al., 2016). The authors showed that in this system, proximal tubular cells were able to recapitulate most of their physiological functions. In our study, we extended the potential of such approach by recapitulating for the first time the close proximity observed between parallel adjacent nephrons on chip, and we specifically focused on an ADPKD cellular model.

In vivo, the spacing between nephrotic tubes is heterogeneous, and no mean value between nearest neighbors could be extracted from the literature. However, in vivo, tubes are mostly in closer contacts (tens of μm). The initial choice of 200 μm spacing was mainly imposed by ease of microfabrication. However, to further investigate the possible coupling between tubes we also push the microfabrication limits to reduce the spacing to 100 μm. Importantly, the latter spacing was small enough so that ADPKD tubes could be in direct contact after dilation, thus opening the way to a study of mechanical coupling between tubes.

Regarding the implementation of kidney features on chip, the collagen scaffold stiffness (around 1 kPa; Verhulsel et al., 2016) was in the same order of magnitude, albeit a little lower, as the kidney stiffness measured by elastography techniques (4–10 kPa, or higher in some pathologies; Derieppe et al., 2012; Moon et al., 2015; Samir et al., 2015; Hassan et al., 2016; Liu et al., 2017). However, these elastography-derived values are global values for kidney, and not local values.

Moreover, the application of a physiological flow within the tube will be central in future implementations of our chips, as tubular cells mediate flow information by mechanotransduction pathways (including primary cilia) for the organization of architecture. Technological challenges result here from the common input between tubes due to their very close proximity, and resulting in inhomogeneities in flow values because of different diameters or obstructions. Flow might also be useful to prevent possible cell aggregation in tubes that might occur in late stages, although our data suggest that at least initial tube deformation occurred for cells monolayers. Indeed, 3D organization in the whole time course of deformation remains to be studied, and may include transient events of multilayering or fillling that will be addressed in further studies. Concerning ECM composition, the basal ECM in vivo consists mainly in laminin and collagen IV isoforms (Miner, 1999). These coatings were reproduced on chip, but we did not observed any significant difference of the global behaviors with laminin coating compared to the situation of collagen I without coating (Zhang et al., 2009); a slight increase in Pkd1-/- tube dilation was observed in uncoated conditions, but would need further confirmation. In addition, the coating may have an influence on subtler cellular behaviors within tubes, that were not analyzed here in details. A weak influence of the coating on the parameters assessed may be due to a degradation by cells, or to the secretion of their own extracellular matrix, possibly coupled to a lack of stability of the coating before full colonization (which could last 1–2 weeks).

Finally, our chip allowed to reproduce tube dilation observed for ADPKD tubes. In our configuration where we seeded a homogeneous Pkd1-/- population, we expect a rather homogeneous tube dilation, which was indeed observed here. In the disease, primary cyst formation results from a local tube dilation, which is believed to be due to a somatic second-hit mutation (Cornec-Le Gall et al., 2014) generating heterogeneous cell populations in one tube; this more complex configuration was not studied here. Several causes, including proliferation and altered planar polarity, are known to be involved in ADPKD cyst formation (Nadasdy et al., 1995; Fischer et al., 2006; Castelli et al., 2013). Both factors were seen in our in vitro tubes, and in particular F-actin orientation could be assessed in a geometrically and mechanically relevant controlled environment. We observed that both Pkd1+/- and Pkd1-/- cells were able to sense tube curvature and to generate F-actin stress fibers aligned with tube direction. However, the density of oriented F-actin fibers was significantly higher for Pkd1+/- cells. First, the orientation of division axis may be related to F-actin dynamic organization imposed by the geometry of the substrate, as described in other systems (Théry et al., 2005, 2007; Fink et al., 2011). In that case, dividing Pkd1+/- cells would tend to push cells in the direction of tube elongation, and not to dilate tubes. Second, a dense array of parallel F-actin fibers may provide a mechanical consolidation for the shape of the tube, still helping to prevent its deformation.

The strong tube dilation observed with Pkd1-/- cells led to tubes coming in very close contact after dilation, in the chips with 100 μm spaced tubes. When in close contact through a thin deformable substrate, tubes were mechanically coupled as expected, as also revealed by the linear shape of the created interface. But even before the complete contact was reached, tubes deformed more, and at a higher rate, than tubes separated with 200 μm, highly suggesting that an interaction at distance already occurred at this stage. This behavior could be due to mechanical or chemical effects, or a combination or both. Although the determination of the mechanisms involved in cooperative tube dilation is beyond the scope of this paper, some possible mechanisms are discussed here. First, chemical communication, which can occur at small distances inferior to 200 μm (Gerecht et al., 2010), could be involved in communication between renal tubes (El-Achkar and Dagher, 2015), with possible release of signaling molecules promoting proliferation or cyst growth (Kenter et al., 2019), including cytokines that may be released by epithelial cells upon mechanical stimulation (Kishikawa et al., 2002; Yamamoto et al., 2002; Wu et al., 2017). Second, mechanical mechanisms could include both cell reactions to mechanical stimuli by mechanotransduction pathways, and physical effects linked to the thinning of the ECM layer between adjacent tubes. Mechanotransduction events triggered by mechanical stimuli may include the YAP pathway, and it will be important to study how the impaired mechanotransduction by polycystins, including the RhoA-YAP-c-Myc axis (Happe et al., 2011b; Cai et al., 2018), is related to the tube deformation observed. Additive physical mechanisms may be related to ECM characteristics, with on one side possible easier ECM thinning for very thin layers between two tubes (Shull and Creton, 2004); on the other side a possible weakening of the ECM due to cell protrusions, in line with a possible metalloproteinase involvement in ADPKD (Obermüller et al., 2001; Tan and Liu, 2012).



CONCLUSION

In conclusion, the strengths of our approach are the recapitulation of arrays of tightly packed deformable proximal tubes, and its application to an ADPKD model, with tube dilations and cooperative deformations. In the future, our study may also advantageously be extended to the study of human ADPKD models. While the reconstitution of the complete interactions involved in tubular cell behavior is beyond the scope of this study, the current limitations of our system include the absence of surrounding structures, like the peritubular capillary network. They also include the absence of a continuous physiological flow, and possible events of multilayering at middle or late stages of tube dilation.

Future studies will aim to distinguish mechanical and chemical contributions by applying pure mechanical stimulations on tubes, and to analyze matrix digestions or other possible mechanical modifications. Altogether, the cross-talk between renal tubes in our multitube chip is in good agreement with the cooperative behavior of snowball effect involved in cyst propagation in ADPKD. In line with these results, our device may also be of interest to screen for drugs that would inhibit this cross-talk behavior favoring renal cyst propagation.
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Despite the significant progress in both scientific understanding and regulations, the safety of agricultural pesticides continues to be called into question. The need for complementary analytics to identify dysregulation events associated with chemical exposure and leverage this information to predict biological responses remains. Here, we present a platform that combines a model organ-on-chip neurovascular unit (NVU) with targeted mass spectrometry (MS) and electrochemical analysis to assess the impact of organophosphate (OP) exposure on blood-brain barrier (BBB) function. Using the NVU to simulate exposure, an escalating dose of the organophosphate chlorpyrifos (CPF) was administered. With up to 10 μM, neither CPF nor its metabolites were detected across the BBB (limit of quantitation 0.1 µM). At 30 µM CPF and above, targeted MS detected the main urinary metabolite, trichloropyridinol (TCP), across the BBB (0.025 µM) and no other metabolites. In the vascular chamber where CPF was directly applied, two primary metabolites of CPF, TCP and diethylthiophosphate (DETP), were both detected (0.1–5.7 µM). In a second experiment, a constant dose of 10 µM CPF was administered to the NVU, and though neither CPF nor its metabolites were detected across the BBB after 24 h, electrochemical analysis detected increases in acetylcholine levels on both sides of the BBB (up to 24.8 ± 3.4 µM) and these levels remained high over the course of treatment. In the vascular chamber where CPF was directly applied, only TCP was detected (ranging from 0.06 μM at 2 h to 0.19 μM at 24 h). These results provide chemical evidence of the substantial disruption induced by this widely used commercial pesticide. This work reinforces previously observed OP metabolism and mechanisms of impact, validates the use of the NVU for OP toxicology testing, and provides a model platform for analyzing these organotypic systems.
Keywords: organophosphate, mass spectrometry, organ-on-a-chip, electrochemistry, pesticide
INTRODUCTION
Organophosphates (OPs) are a class of compounds commonly used in commercial pesticides (e.g., parathion, chlorpyrifos, and diazinon) but also include nerve gas chemical warfare agents such as sarin, VX, and Novichok agents. While OPs are widely used throughout the world for insect control, concerns about their toxicity to humans and animals led to restrictions in the United States for residential use in 2001. In 2018, a United States federal appeals court ordered the United States Environmental Protection Agency to completely ban the use of the broad-spectrum organophosphate pesticide chlorpyrifos (CPF) based in part on epidemiological studies linking prenatal CPF exposure to neurobehavioral deficits in children (Rauh et al., 2011; Rauh et al., 2012). To gain additional insights into CPF-induced chemical and morphological perturbations, in vitro organotypic models offer medium-throughput systems that complement traditional cell culture techniques and may replace or reduce animal testing (Pridgeon et al., 2018; Low et al., 2021). These organotypic models aim to replicate human physiology and provide the experimental flexibility necessary to address the effects of OPs on human health (Nolan et al., 1984; Marín-Padilla, 2012; Shamir and Ewald, 2014; Bruner-Tran et al., 2017; Vernetti et al., 2017; Theobald et al., 2018).
The primary mechanism of CPF neurotoxicity is through the inhibition of acetylcholinesterase, yet its full metabolic response remains unclear. At a cellular level, cholinergic signal transmission is accomplished by acetylcholine release into the neuronal synapse before it is broken down by acetylcholinesterase and taken back up by presynaptic neurons (Figure 1; Taylor et al., 1999). OPs inhibit acetylcholinesterase by binding to serine in the active site, preventing acetylcholine from interacting with the enzyme (Mileson et al., 1998; Prendergast et al., 1998; Karanth et al., 2006). Before binding, CPF is metabolically converted by cytochrome P450s into the bioactive chlorpyrifos oxon (CPO) form. When acetylcholinesterase is inhibited, acetylcholine can accumulate in motor neuron synapses causing excitotoxicity, seizures, and brain damage (Prendergast et al., 1998; Yang et al., 2001; Timchalk et al., 2005; Slotkin, 2011). OP neurotoxicity can also extend to necrosis, apoptosis, and oxidative stress-mediated pathways (Carlson et al., 2000; Kashyap et al., 2010; Moore et al., 2010; Kashyap et al., 2011; Kashyap et al., 2013; Park et al., 2015a). Mice and rats are considered standard models for controlled toxicological studies although historical studies include human volunteers (Levin et al., 2001). In mice, CPF has been shown to cause alterations to the integrity of the BBB upon exposure, enabling CPF and other toxicants to enter the brain (Levin et al., 2001; Li and Ehrich, 2013). These risks associated with CPF exposure combined with its continued use in the United States demand further investigation and refinement of our ability to identify dysregulation events associated with chemical exposure and leverage this information to predict biological responses (Rauh et al., 2012; Smith et al., 2014).
[image: Figure 1]FIGURE 1 | Schematic of acetylcholine and chlorpyrifos biochemistry. (A) Schematic of the mechanism of CPF toxicology at the cholinergic synapse showing normal signaling where acetylcholine is recognized by the acetylcholine receptor on the dendrite’s postsynaptic membrane before being rapidly broken down by acetylcholinesterase into acetic acid and choline. Normally, the free choline is taken back up into the presynaptic neuron where choline acetyltransferase turns it back into acetylcholine before it is packaged into vesicles for subsequent release. The red “X” indicates CPO-induced inhibition of acetylcholinesterase that leads to a buildup of acetylcholine in the synaptic cleft and, eventually, excitotoxicity, neuropathy, and death. (B) The major metabolic pathway for CPF bioactivation, dearylation, and biodegradation showing associated primary metabolites including CPF; chlorpyrifos oxon (CPO); diethylthiophosphate (DETP); and 3,5,6-trichloro-2-pyridinol (TCP).
In developing models for studying BBB toxicity, organs-on-chips offer several advantages (Cucullo et al., 2011; Griep et al., 2013; Prabhakarpandian et al., 2013; Adriani et al., 2017; Phan et al., 2017; Wang et al., 2017; Maoz et al., 2018). Built upon the knowledge gained from early experiments with cocultures and Transwells, the development of organ-on-chip technologies aims to combine the versatility of in vitro experimentation with cutting-edge engineering and analytics to refine the questions that can be addressed (Parran et al., 2005; Balbuena et al., 2010; Daneman and Prat, 2015; Hopkins et al., 2015; Helms et al., 2016; Voorhees et al., 2017; Zhang et al., 2017; Grebenyuk and Ranga, 2019). Organs-on-chips vary in construction but all contain three-dimensional supports that spatially orient cultures to develop organ-like qualities (Dingle et al., 2015; Adriani et al., 2017; Soscia et al., 2017). Recent advances include modifying the physical dimensions and mechanical properties by incorporating gels or matrices, encouraging the production of an extracellular matrix (ECM), and investigating novel materials (Tang-Schomer et al., 2014; Jeong et al., 2015; Lozano et al., 2015; Hutson et al., 2016; Zhuang et al., 2018; Zhuang et al., 2018; Grebenyuk and Ranga, 2019). Within these structures, perfusion of media enables the exchange of nutrients and metabolites and provides the shear stress needed to stimulate cell proliferation and differentiation. Perfusion has been driven by gravity, pneumatic, piezoelectric, or mechanical systems (Takayama et al., 1999; Araci and Quake, 2012; Brown et al., 2015; Park et al., 2015b; Fernandes et al., 2016; Koo et al., 2018; Wang et al., 2018; Balaji et al., 2018). The miniaturization of these features reduces the quantity of reagents used, thereby decreasing cost and supporting the incorporation of cells that are either difficult to culture or difficult to isolate (Herculano-Houzel, 2009; Volpatti and Yetisen, 2014; Mohammed et al., 2015; DiMasi et al., 2016; Bang et al., 2017; Campisi et al., 2018). Additionally, efforts to instrument these chips can provide real-time, nondestructive measurements of these systems (Booth and Kim, 2012; Griep et al., 2013; Kilic et al., 2016). For example, neuron excitability can be studied by integrating organ-on-chip technology with electrodes to both stimulate and report the burst-firing frequency rate and power (Hasan and Berdichevsky, 2016; Soscia et al., 2017). Perhaps the most important role for organotypic cultures resides in their application in toxicology, supplementing preclinical cell culture methods, and reducing animal testing (Nolan et al., 1984; Low et al., 2021). There are now a wide range of platforms available with a high degree of specialization allowing researchers to ask detailed questions about BBB health and disease (Lancaster et al., 2013; Banerjee et al., 2016; Kilic et al., 2016; Adriani et al., 2017).
Recently, Wikswo and colleagues developed a neurovascular unit (NVU), an organotypic model that approximates the human BBB, by creating a paracellular barrier comprised of endothelial cells, astrocytes, and pericytes and seeding it with neurons (Brown et al., 2015). This NVU has been shown to be a useful model to assess both acute (seconds to minutes) and chronic (days to weeks) toxic exposure (Brown et al., 2015; Brown et al., 2016). The dual-chamber NVU design—a neuronal (2.9 µL) and a vascular (17.5 µL) section—is equipped with independent microfluidic perfusion control so that environmental exposure can be simulated by administration of toxicants to the vascular side while analyzing the neuronal side for metabolic changes and for the infiltration of toxicants that breach the engineered BBB. Furthermore, these two chambers can be seeded with as little as twenty thousand cells, making the NVU feasible for culturing rare or difficult to isolate cells. Taken together, these features make the NVU well suited for transbarrier analysis of OP exposure and, with careful consideration, as a regulatory tool for toxicology (Fennema et al., 2013; Andersen, 2014; Schadt et al., 2014; Koo et al., 2018; Wang et al., 2018; Pimentel et al., 2020; Raimondi et al., 2020).
This work presents a platform for simulating and analyzing toxicological events that supports the prediction of biological responses through morphological and metabolic analysis. NVUs seeded with the four cell types necessary for proper BBB function were cultured and the vascular side of these NVUs was then dosed with the organophosphate CPF, simulating environmental exposure. Eluate from the vascular and neuronal sides was assessed using liquid chromatography coupled to tandem mass spectrometry (LC-MS/MS) for targeted toxicant profiling and electrochemical analysis for targeted metabolite profiling. These data validate the predictive power of the NVU, the high analytical utility of combined MS, and electrochemical measurements and provide insight into the substantial disruption induced by this widely used commercial pesticide. Applying this unique platform with expanded analytics is an important advance in studying OP toxicity.
MATERIALS AND METHODS
NVU Bioreactor Fabrication. The NVU bioreactor was designed for independent perfusion of the two chambers and is described in detail elsewhere (Brown et al., 2015), with some minor modifications. The NVU is a two-chamber device made with three layers of polydimethylsiloxane (PDMS) separated by a 0.4 µM pore polyethylene terephthalate (PET) membrane (Fisher Scientific, Hampton, NH). First, the neuronal layer and the vascular layer were created by pouring 2.5 and 16g, respectively, of PDMS precursors (10:1 wt:wt ratio of base:curing agent, Sylgard 184, Dow Corning) into encapsulated wafers, cured (65°C, 4 h), and demolded. To fabricate the middle layer, 30 g of PDMS precursors was poured into the middle layer mold with spacers and placed in a dish. The dish was covered and placed under vacuum until bubbles formed and repressurized and the process was repeated. The dish was then removed from vacuum and bubbles were blown off. To control for layer thickness, the top mold of the middle layer was then placed on the spacers with weights (≤70g) on top and allowed to cure at room temperature for 48 h. After drying, excess PDMS was trimmed off and the middle layer was removed and cured at 65°C for 2 h.
With all three layers cured and trimmed to size, the NVU could be assembled. First, the vascular layer and a glass plate (50 mm × 75 mm) were both plasma-activated (40 s, high power setting, air metered into vacuum, Harrick Plasma Cleaner, Ithaca, NY) and brought together to bond with the chamber facing upwards. Meanwhile, the neuronal layer was punched with inlet and outlet ports (Miltex 1.5 mm OD, Integra York, Inc., York PA) to accommodate microfluidic perfusion. Both the middle and neuronal layers were plasma-activated and bonded together with the neuronal layer channels facing the middle layer, and the assembly was placed in a 65°C oven for 10 min to complete the bonding process. After bonding, both the middle-neuronal and the vascular-plate layer assemblies were annealed at 200°C for 4 h. PET membranes were plasma-activated and immersed in an 80°C solution of 0.2% bis-amino (Sigma Aldrich, St. Louis, MO) and 0.1% deionized water in IPA. After drying, these membranes were placed in 70% ethanol (30 min, room temperature) and blown dry with filtered N2. The membranes were then brought together with the vascular layer to bond, and the neuronal-middle layer was added by facing the middle layer to the membrane so that the reliefs in the PDMS-created chambers overlapped completely with one another except for the inlet and outlet ports. The assembled device was placed in the oven (60°C) overnight to finish curing. Completed NVU vascular and neuronal chambers (2.9 and 17.5 µL, respectively) each incorporated an entrance and exit port to facilitate independent perfusion. A noteworthy change from previous versions of this device fabrication is the incorporation of 0.4 µM pore PET membrane that is more transparent and enhances imaging (previous iterations of this device used a polycarbonate membrane). The transition to PET membranes was done because of the manufacturer’s change in membrane properties that made them unsuitable for the NVU and also to increase visibility for enhanced microscopy. All NVU devices were packaged and gamma sterilized overnight (Mark 1 Cesium Irradiator, Glendale, CA) before use. Schematics of the NVU were made to scale in CAD with the help of the Vanderbilt Institute for Integrative Biosystems Research and Education.
PDMS Absorption of CPF. To determine the extent to which CPF is absorbed into PDMS, a floating disk experiment was conducted as before with some modifications (Auner et al., 2019). First, 3 mm thick medical grade PDMS (same as that used in the NVU fabrication) was cut with a biopsy punch (diameter = 6 mm) to form disks. Using a 20 mM stock solution of CPF made in DMSO, 25, 50 75, and 100 µM CPF solutions were made in 10 mM SDS (to aid solubility). Then, each disk (3) was submerged in 2 ml of 100 µM CPF solution inside of a 4 ml glass vial and the absorption of this solution as well as that of calibrants (25, 50, 75, and 100 µM CPF) was measured every hour at 290 nm. From these data, the concentration of CPF still in solution was calculated.
Harvesting Primary Rat Neurons. Primary rat neurons were harvested as previously described with some modifications (McKenzie et al., 2012). Briefly, pure neuronal cultures were obtained from embryonic day 18 Sprague-Dawley rats. To obtain primary rat neurons, brains from anesthetized rats were dissected, and cortices were trypsinized (Sigma, United States) before being transferred to 10 ml of neurobasal media (Sigma). This solution was then strained (40 µm), counted, and centrifuged (1,000 RCF, 5 min). The resulting pellet was resuspended [neurobasal media, 10% DMSO (Sigma), at either 7.5 × 105 or 5 × 108 cells/ml] and frozen down until needed for either plating in well plates or NVU seeding, respectively.
Staining Primary Rat Neurons. Neurons were stained to confirm the presence of cholinergic neurons in culture. Neurons stored at −80°C at 750,000 cells/ml were plated 2 ml/6 well Transwell plates coated with polyornithine and maintained in plating media [Dulbecco’s modified Eagle’s medium (DMEM) media (Gibco) with 8% F12, 8% fetal bovine serum (FBS), 80 μM L-glutamate, and 1% penicillin/streptomycin (Fisher)] for days in vitro (DIV) 0–13. During this time, the cells were maintained with half media changes every 2–3 days. Two weeks after harvest, the neurons had a half media change to D2C media (94% DMEM, L-glutamine, 2% FBS, 0.025 M HEPES, 0.0125 mM L-glutamine, 24 U/mL penicillin, and 24 μg/ml streptomycin), and two drops of AraC were added through a plugged pasture pipette for a final concentration of 1–2 M/well. From then on, cells were maintained with D2C media until use. Neurochemical staining for choline acetyltransferase (ChAT), Neuron Specific Tubulin (NST), and 4′,6-diamidino-2-phenylindole (DAPi) to stain all cells merged to show overlap as done before with some modifications (Lizama et al., 2018).
Neuronal Response to CPF. Neurons were either treated with a media change control or 100 µM CPF for 18 h and imaged as before (Lizama et al., 2018). Experiments were conducted at 37°C and 5% CO2.
Cell Culture. Endothelial cells, astrocytes, and pericytes were cultured as before with some modifications (Brown et al., 2016). Primary human brain microvascular endothelial cells (hBMVECS, Applied Cell Biology, Kirkland WA, United States) were maintained in endothelial basal media 2 (EBM2, Lonza, Basa, Switzerland) containing 5% FBS, growth bullet kit (hEGF, hydrocortisone, GA-1000 [gentamicin and amphotericin-B], VEGF, hFGF-B, R3-IGF-1, ascorbic acid, and heparin), and 1% penicillin/streptomycin (complete EBM-2). Human astrocytes from brain tissue of a first trimester fetus and SV40 transformed (SVG p12, ATCC, Manassas, VA, United States) and pericytes isolated from human brain tissue (Cat # 1200, ScienCell, Carlsbad, CA, United States) were maintained in a 1:1 DMEM and F-12 with 10% FBS (Allt and Lawrenson, 2001). Endothelial cells, astrocytes, and pericytes were maintained in T-25 flasks (Fisher) under standard culture procedures until collected (passage three) for seeding into the NVU.
NVU Seeding and Culturing. The NVU supported the growth of all four cell types necessary for proper BBB function and is described in detail previously with some modifications (Brown et al., 2015). Prior to cell seeding, NVU devices were first coated with poly-D-lysine (10 μg/ml) in carbonate buffer (0.2 M, pH 9.6, 37°C, 4 h, Fisher) followed by coating with fibronectin and collagen IV (both 400 μg/ml, overnight, 37°C, Sigma). After washing the devices with warm complete EBM-2 media to remove any unbound fibronectin or collagen, endothelial cells were loaded into the vascular chamber (5–10 × 106 cells/ml). The NVU was then placed vascular side up and incubated overnight (37°C, 5% CO2). The next day, the vascular chamber was connected to a syringe pump (Harvard Apparatus) and perfused under low flow conditions (2 μL/min) with complete EBM-2 media for 9 days. After this time, the neuronal chamber was loaded with astrocytes (6 × 106 cells/ml) and pericytes (1 × 106 cells/ml) and the device was placed neuronal chamber side up (37°C, 5% CO2) to allow the cells to settle and adhere for 2 h before flow was restarted. After culturing these three cell types together for 2 days under low flow conditions, primary rat neurons were loaded into the neuronal chamber (10 × 106 cells/ml) and allowed to attach for 2 h before flow was again restarted. Within each NVU, all four cell types were cultured for 3 days before these devices were ready for leakage and toxicological testing. During the course of these experiments, sister cultures of the cells loaded into the NVU devices were plated and no contamination was detected.
To ensure proper barrier formation, leakage across the engineered BBB was tested using 10 kDa fluorescein isothiocyanate-dextran (FITC-dextran, Sigma) as previously described (Brown et al., 2016). Briefly, FITC-dextran was prepared (100 nM, cell culture media) and administered to the vascular compartment of the NVU (23 h, 2 μL/min), allowing the FITC-dextran to diffuse across the BBB and into the neuronal chamber, reflecting barrier permeability. The effectiveness of the BBB was evaluated by measuring the fluorescent intensity in the neuronal side eluate using a plate reader (TECAN M1000). The permeability, P, was calculated from the FITC concentration using Eq. 1 where Vr is the volume in the receiving chamber, t is the time of the experiment, A is the area of the membrane (0.29 cm2), Ci is the initial concentration, and Cf is the measured concentration.
[image: image]
The permeability of the NVU device with no cells was also measured for comparison. This device was irradiated and soaked in water but otherwise bare. The control device was treated with DMSO as described below in NVU Treatment With Chlorpyrifos.
NVU Treatment With Chlorpyrifos. In normal operation, both the vascular and neuronal side chambers of each NVU were perfused with media under low flow (2 μL/min) to maintain the viability of the cell layers that comprise the engineered BBB. To investigate the effects of OPs on the engineered BBB, either CPF (Sigma) or vehicle (dimethyl sulfoxide, DMSO, Sigma) was introduced to the vascular chamber and eluate exiting both vascular and neuronal chambers was collected to be analyzed for biochemical changes. Two experimental setups were executed with this approach: an escalating dose experiment and a time course experiment.
The dose escalation experiment was conducted with varying concentrations of CPF (0, 1, 3, 10, 30, and 100 µM) and six NVU devices (two control devices and four test devices). First, CPF was dissolved in DMSO to 200 mM, filter-sterilized (0.22 µm membrane, Sigma), and stored at −80°C until use. Then, 1 µM CPF was added to complete EBM-2 media and perfused on the vascular side of each test device for 2 h. After collecting that effluent, the syringe containing the 1 µM CPF was exchanged for one containing 3 µM CPF and the process was repeated in this way for all of the CPF concentrations tested. The control NVU was treated with vehicle alone. Eluate samples (240 µL) were collected from both the vascular and neuronal chamber of all NVUs immediately prior to administering each dose and stored at −80°C prior to analysis.
After the escalating dose experiment was conducted, a 10 µM dose of CPF was chosen to investigate the effects of exposure time. A total of five NVU devices (three treated and two control) were prepared and used for the exposure experiments described herein. Additionally, the NVU devices were first perfused with serum-free EBM-2 media before CPF exposure (although the other supplements and growth factors that contribute to the complete media formulation, e.g., hFGF-B, VEGF, R3-IGF, hEGF, GA-1000, ascorbic acid, and hydrocortisone, were added to the media). To add statistical power while reducing the number of NVUs used in the experiment, effluent was collected from the three test devices prior to treatment to serve as a baseline. Two control NVUs were treated with vehicle alone. However, one control device was compromised during the course of the experiment and was subsequently excluded. Therefore, the results between the time-dependent control and the baseline controls were compared for time differences, and after verifying their similarity, the data from both of these controls were pooled for analysis. For the test devices, 10 µM CPF was added to this serum-free media and perfused on the vascular side of each test device. Eluate samples (∼240 µL) from all devices were collected from both the vascular and neuronal chamber of all NVUs at 0, 2, 4, 8, and 24 h and stored at −80°C prior to analysis.
NVU Microscopy. After treatment with CPF or vehicle, NVUs were imaged for morphological analysis. First, live/dead stain was applied to the NVU devices as per manufacturer recommendation (Thermo Fisher) and incubated for 15 min. Fluorescent images of cells stained within the NVU were then collected using an EVOS (Thermo Fisher) automated microscope.
MS Analysis of NVU Eluate. A minimal-handling sample preparation strategy was used, which limited metabolic turnover and degradation while maximizing metabolite recovery. In this strategy, metabolites were extracted from media using a volume of 800 µL of cold (−20°C) methanol added to a 100 µL aliquot of NVU media eluate, vortexed for 30 s, and incubated at −80°C overnight to precipitate proteins. After incubation, samples were cleared by centrifugation (21130 RCF,15 min), and the resulting supernatant was removed and evaporated to dryness in a vacuum concentrator. Dried extracts were reconstituted in 60 μL reconstitution solvent [98:2 (v:v) water:acetonitrile with 0.1% formic acid] for reverse phase LC-MS analysis. The reconstituted samples were then centrifuged (15,000 rpm, 5 min) to remove insoluble debris. Quality control samples were prepared by combining equal volumes (10 μL) of each sample type.
Ultra-high-performance liquid chromatography-mass spectrometry (UHPLC-MS) and multiple reaction monitoring (MRM) were performed on a triple quadrupole mass spectrometer (6,470, Agilent Technologies, Santa Clara, CA, United States) equipped with an Infinity II UHPLC system (1,290, Agilent). Chlorpyrifos and its metabolites were separated on a reverse phase Hypersil Gold RPLC column (1.9 µm, 2.1 mm × 50 mm, Thermo Fisher, Waltham, MA) at ambient temperature. Chromatography was performed at 300 μL/min using solvent A (0.05% formic acid in water) and solvent B (0.05% formic acid in acetonitrile) with the following gradient profile—60% B for 0.5 min, 60–95% B over 3.5 min, and 95–60% B over 0.1 min—and reequilibrated at 60% B over 2 min (gradient length 4.1 min). The injection volume used was 1 μL, with an autosampler temperature of 4°C. The exogenous small molecule, 2,6-di-tert-butylpyridine (DtBP), was used as an internal standard. Serial dilutions of DtBP at 10 concentrations were used to determine instrument limits of detection (LOD), quantitation (LOQ), and the calibration curve necessary to convert instrument response to analyte concentrations.
Data acquisition was carried out in fast polarity switching MRM mode using a thermally assisted ESI source (Jet Stream, Agilent) operated with the following conditions: a capillary voltage of 4 kV (positive ion mode) and 2.5 kV (negative ion mode), a nebulizer gas temperature of 300°C with the flow of 8 L/min, and a sheath gas temperature of 300°C with the flow of 11 L/min. Data were acquired using MassHunter Workstation Data Acquisition software (Agilent) and analyzed using MassHunter Quantitative Analysis software (Agilent). A list of metabolites, mass transitions, retention times, and ion polarities used for targeted MS analysis can be found in supplemental materials (Supplementary Table S1). Data represent between four and eight replicate measurements (two–four NVU devices and two technical replicates per sample).
Acetylcholine Sensor Fabrication and Calibration. A screen-printed electrode (SPE) array was enzymatically modified to be selective to acetylcholine (acetylcholine chloride, Sigma) and incorporated into the microclinical analyzer (μCA) microfluidic flow system for automated calibration and analysis as before with some modifications (McKenzie et al., 2015). The μCA consisted of a MicroFormulator and an electrochemical detection cell. The MicroFormulator was designed by and purchased from the Vanderbilt Institute for Integrative Biosystems Research and Education (VIIBRE)/Vanderbilt Microfabrication Core (VMFC) and consisted of a rotary planar peristaltic micropump (US patents 9,874,285 and 9,725,687 and applications claiming priority from US patent application 13/877,925) for delivering flow and a normally closed rotary planar valve (US patent 9,618,129) to select solutions. Microcontrollers and computer software for the MicroFormulator were also purchased from VMFC. The electrochemical detection cell, designed and fabricated by VIIBRE/VMFC, was composed of an electrode array and a microfluidic housing. The electrode array, designed in-house and commissioned for fabrication (Pine Research, Durham, NC), (McKenzie et al., 2015), was composed of five different electrodes: three platinum disk electrodes and two band electrodes. The disk electrodes ([image: image]) were used for enzymatic detection of acetylcholine. The largest band electrode ([image: image]) was silver plated and used as an Ag/AgCl quasireference.
To make the electrodes selective to acetylcholine, a two-enzyme solution of acetylcholinesterase (Sigma) from Electrophorus electricus and choline oxidase (Sigma) from Alcaligenes was prepared and deposited on the working electrodes. First, each enzyme was dissolved separately to 10 mg/ml in phosphate buffer (2 mM PBS, pH 7, Fisher) containing 800 mg/ml of bovine serum albumin (Sigma) and stored (−18°C) until use. These enzyme solutions were retrieved as required, combined equally by volume, mixed with glutaraldehyde (0.5% wt/v, Sigma), and vortexed (∼5 s). Immediately following vortexing, 1 µL of the mixed enzyme solution was drop-cast onto each working electrode, allowed to air dry for 1 h, and either used immediately or stored (low light, 4°C, 2 mM PBS, 120 mM KCl, pH 7).
The LOD, LOQ, and linearity for the acetylcholine sensor were determined as performed previously (McKenzie et al., 2015; Miller et al., 2018). To incorporate the sensor into the µCA, the SPE was sealed within a polymethylmethacrylate closed-cell housing. The housing was plumbed with Tygon tubing (Cole Parmer, Vernon Hills, IL) to a debubbler (Molecular Devices Inc., Sunnyvale, CA) and attached to a MicroFormulator to facilitate automated calibration and analysis. Calibrations were performed by monitoring the current generated by 21 calibrant solutions (5 μM–5 mM acetylcholine) in buffer (2 mM PBS; 120 mM KCl, pH 7). Calibrants were sampled through a MicroFormulator at a flow rate of 100 μL/min and monitored by a CHI 1,440 potentiostat (CH Instruments, Austin, TX) held at 0.6 V vs. Ag/AgCl with buffer in between to provide a baseline (2 min each). The detection and quantitation limits, along with the sensitivity and linear range of the sensor, were determined by performing a linear regression on the calibration data. The maximum limit of linearity was determined by visual analysis of the calibration curve. The LOD was calculated by dividing three times (10X for LOQ) the error of the blank (y values) by the slope of the determined linear range. Dividing the slope by the area of the disk electrode (1.8 mm2) resulted in the sensitivity of the electrode.
Electrochemical Analysis of Acetylcholine in NVU Eluate. The μCA electrochemical detection platform (Miller et al., 2018) was used to determine the acetylcholine levels in NVU samples both with and without CPF treatment. The acetylcholine SPE containing three enzymatically modified acetylcholine sensors was loaded into the µCA housing and the current was monitored by all three to provide technical replicates. Using the MicroFormulator, calibrants were sampled at a flow rate of 100 μL/min (as above, but with six calibrants from 0 to 114 µM). After calibration, NVU eluate was sampled with buffer (2 min, 2 mM PBS, 120 mM KCl, pH 7.0) in between each sample run to establish a baseline. The sensor was recalibrated before and after each NVU sample set to check for sensor degradation/inhibition. The acetylcholine concentration in the sample was determined using the current generated by the sample and the slope and intercept of the calibration curve that was generated by performing a linear regression on the calibration data. p-values between sample sets were determined using t-test with unequal variance.
RESULTS AND DISCUSSION
This study was designed to assess the utility of the NVU and an electrochemical/MS analytical platform to address three critical aspects of CPF toxicity: 1) How does CPF degrade and what CPF metabolites persist? 2) Does CPF or its metabolites cross the BBB? 3) What effects does CPF exposure have on cellular metabolism at and across the BBB? To this end, environmental exposure to CPF was simulated within the NVU and morphological and metabolic analysis was performed.
To answer these critical questions, it was important to model CPF exposure resulting in significant metabolic disruption without inducing cell death. A few benchmarks for CPF exposure include the United States federally allowed dose of up to 0.03 mg/L of CPF in drinking water (0.085 µM CPF). Detailed murine studies for sublethal doses, report 0.5–5 mg/kg IV doses to result in 10–100 µM CPF in blood (Smith et al., 2012). These dosing levels have been carefully compared to oral administration and historical human studies (Nolan et al., 1984; Smith et al., 2012; Smith et al., 2014). Because CPF binds quickly upon administration, the in vivo range of 0–100 µM CPF and a slightly higher dose (300 µM) were chosen for investigation (Lowe et al., 2009).
Using this range of CPF concentrations, we first explored the response of the barrier-forming cells—the endothelial cells—outside of the NVU. Endothelial cells were grown on well plates, exposed to 0, 10, 30, 100, and 300 µM CPF, and visually inspected for morphological changes at 24 h. The treatments resulted in a range of perturbations. The lowest concentration exposure (10 µM) showed slight changes in morphology. At 30μM CPF, treatment was nonlethal but resulted in morphological changes to more circular-shaped cells. The highest exposure tested (300 µM) resulted in the majority of the cells displaying punctate cell morphology and clumping of cells indicating cell death (Supplementary Figure S1). These initial endothelial cell experiments demonstrated varied effects across the range of CPF concentrations. CPF concentrations that were not expected to induce significant cell death in the NVU were tested further (0–100 µM CPF).
Primary neuronal cultures were chosen to ensure that their state of differentiation is representative of mammalian neurons. Specifically, cholinergic neurons were desired to accurately represent susceptibility to OPs. The primary cultures used in this work were 90% neurons and 10% microglia and determined to be 10% positive for choline acetyltransferase, indicating active cholinergic signaling (Supplementary Figure S2). When these neurons were tested for their response to CPF (100 µM), the cells showed a “halo” effect indicating cell death (Supplementary Figure S3). However, if the membrane stays intact, CPF may never reach the neuronal chamber. Historically, research on cholinergic neuronal cultures has been conducted on primary cells, although recently a cholinergic neuronal line was introduced (Ortiz-Virumbrales et al., 2017; Moreno et al., 2018). We are currently working to bring this cholinergic technology into our lab to integrate with the NVU.
The NVU incorporates all four cell types necessary to model BBB function within a three-dimensional, dual-chambered device (Brown et al., 2015; Brown et al., 2016). First, the NVU’s vascular chamber (17.5 µL) was seeded with a human endothelial cell line and grown to confluency. Next, the neuronal chamber (2.9 µL) was seeded with three different cell types: human astrocytic and pericytic cell lines and primary rat neurons (Hamilton, 2010). The neurons were harvested from the forebrain of the rat and the addition of these neurons created a chimeric model fusing a majority of human-derived cells with primary rat neurons. With all four cell types within the device, both chambers were equipped with microfluidic perfusion control in preparation for simulating acute environmental exposure to CPF (device schematic shown in Supplementary Figure S4).
To assess the full-range response of the model BBB to CPF exposure, the NVU was treated with an escalating dose of CPF. A total of five NVU devices were used to serve as biological model replicates. Under perfusion, the vascular sides of each NVU device were exposed to varying concentrations of CPF (0, 1, 3, 10, 30, and 100 µM) in an escalating dose format (successive exposures) over the course of 24 h. Media were collected from both chambers of each NVU prior to each exposure point. Barrier permeability was tested by spiking the vascular side media with 10 kDa fluorescein isothiocyanate-dextran (FITC) and monitoring fluorescence across the barrier (Helms and Brodin, 2014). When an empty device was tested (no cells), the permeability was (2.0 ± 0.4) × 10−6 cm/s (Supplementary Figure S5). Compared to the permeability of the empty device (no cells), when the four cell types were added (but before CPF exposure), permeability decreased [0 µM CPF: (0.27 ± 0.05) × 10−6 cm/s, control treated with DMSO: (0.28 ± 0.05) x 10−6 cm/s]. After exposing the NVUs to 1 µM CPF, the permeability increased [(0.67± 0.27) × 10−6 cm/s] and continued to increase upon adding 3 µM CPF [(1.15 ± 0.24) × 10−6 cm/s] at which point it stabilized [(1.01 ± 0.46) x 10−6 cm/s, 100 µM CPF]. To definitively report the concentration-dependent effects of exposure on permeability without accumulation effects, individual experiments at each concentration are needed. However, this increased permeability indicates that CPF may be able to cross the engineered BBB and enter the neuronal chamber.
To directly investigate the potential crossover of CPF, MS analysis of the media samples was used to track CPF and its primary metabolites at and across the BBB. The canonical pathway for CPF detoxification illustrates that CPF can proceed through the toxic intermediate, CPO, or can be metabolized directly to inactive compounds (Figure 1; Sultatos, 1994). A targeted MS assay, was used to monitor CPF and its metabolites in the escalating dose experiment. MS analysis did not detect CPF nor CPO in either vascular or neuronal eluate samples (Supplementary Figure S6, and numerically in Supplementary Table S2). However, in all conditions in which CPF was administered, TCP—the primary urinary metabolite of CPF—was detected in the vascular effluent, indicating CPF detoxification. At 30 µM CPF and above, TCP was detected across the BBB in the neuronal effluent. At the highest dose of CPF (100 µM), diethylthiophosphate (DETP), another CPF metabolite, was also detected in the vascular effluent. These CPF metabolites are a result of CPF detoxification, which is limited by the enzymatic rate of chlorpyrifos dearylation and/or CPO detoxification (Tang et al., 2006). However, components in the serum used in this experiment such as acetylcholinesterase may have scavenged the CPF and contributed to its lack of detection (Lowe et al., 2009). Still, the observation that neither CPF nor any of the primary metabolites were detected across the BBB with up to 10 µM CPF suggests that barrier integrity was maintained under these conditions. Ultimately, the 10 µM dose—a dose that was thought to have measurable effects in our system without degrading the membrane—was chosen for further investigation.
Before the second NVU experiment was conducted, an electrochemical sensor previously developed by Cliffel and coworkers for the detection of acetylcholine was evaluated for possible interference in this system. The sensor was shown to be sensitive, selective, and stable in the absence of serum (Supplementary Table S4; McClain et al., 2019). Therefore, the second NVU experiment was conducted without serum being added to the media during CPF treatment (although the other components of the Lonza growth bullet kit were added) so that metabolic disruption in specific pathways—such as cholinergic signaling and/or metabolism—could be sensitively and selectively monitored using electrochemical microphysiometry.
To test the effect of an acute dose of CPF on metabolism within the NVU over time, the vascular sides of the NVUs were dosed with 10 µM CPF and the effluent was electrochemically analyzed. In this study, four NVU devices were used in parallel. When exposed to 10 µM CPF, the vascular eluate exhibited a significant increase in acetylcholine (24 ± 3 μM, p-value < 0.003, Figure 2A) after just 2 h and remained elevated for at least 24 h (24 ± 3 µM) compared to control. This acetylcholine buildup is a hallmark of organophosphate poisoning and can interfere with the muscarinic, nicotinic, and central nervous systems causing essential autonomic processes to fail such as respiration and circulation. This acetylcholine buildup may be a result of CPF bioactivation to the ultimate toxicant CPO. Bioactivation is thought to take place primarily in the liver by a cytochrome P450 enzyme (CYP). Within the NVU, a similar CYP produced by the endothelial cells may be responsible for the bioactivation of CPF (Dauchy et al., 2008; Ghosh et al., 2010). Future models of CPF toxicity could include a kidney or liver chip in tandem with the NVU to investigate CYP-dependent effects (Vernetti et al., 2017).
[image: Figure 2]FIGURE 2 | Effect of CPF on acetylcholine metabolism within the NVU as determined from the electrochemical assay. (A) Bar graph indicating the change in acetylcholine concentration from control (DMSO) in vascular side eluate over time (2, 4, 8, or 24 h treatment), showing elevated acetylcholine levels (24 ± 3 µM) after 2 h of CPF treatment (10 µM CPF, p-value < 0.003). (B) Bar graph indicating a change in acetylcholine concentration in neuronal side eluate over time showing elevated acetylcholine (95 ± 10 µM) 2 h after CPF was administered to the vascular side, a significant increase from the control (p-value < 0.04). Data are represented as the means and standard errors, symbols represent technical replicates, n = 6–9 for samples, and n = 9–12 for controls. Control samples were collected over 24 h and their respective collection time is indicated in the control key.
In this same experiment, acetylcholine metabolism was also significantly dysregulated on the neuronal side of the NVU, despite not being treated directly with CPF. Across the BBB, acetylcholine levels increased after 2 h (95 ± 10 μM, p-value < 0.04, Figure 2B) and stayed elevated for 24 h (100 ± 10 µM) compared to control. The cholinergic neurons on the neuronal side of the NVU are thought to be primarily responsible for acetylcholine production, perhaps accounting for the even greater change in acetylcholine levels compared to the vascular side. This increase also suggests that either CPF, its toxic metabolites, or other soluble factors were able to cross the BBB and interact directly with the neurons. In future experiments, recently published protocols describing cholinergic neuron differentiation from human-induced pluripotent stem cells (hiPSCs) can be implemented and integrated with this platform so that these results can be compared with those of human cholinergic neurons (McCracken et al., 2014; Paşca et al., 2015; Amin et al., 2016; Moreno et al., 2018; Pas, 2018; Liu et al., 2020).
To investigate how BBB morphology changed over time in response to a long-term CPF exposure at 10 μM, microscopic images were collected after CPF treatment. Treated NVUs displayed some punctate cell morphology (contracted cells) indicative of cellular stress and a compromised BBB, whereas the control NVUs exhibited evenly dispersed cells characteristic of a healthy BBB (Figure 3; Supplementary Figure S7). At moderate levels (1–20 µM), other studies have also found CPF to be tolerated by cells in culture, causing cellular stress but not being directly cytotoxic (chlorpyrifos; Saulsbury et al., 2009; Middlemore-Risher et al., 2011).
[image: Figure 3]FIGURE 3 | Representative microscopy images of endothelial cells within an NVU following 24 h of continuous exposure with either (A) DMSO (vehicle control, panel A) or (B) CPF (10 μM, panel B). The lattice seen at the right of each image is the microfluidic channels of the vascular side of the NVU. (A) A control NVU showing evenly dispersed cells with typical morphology, indicating a healthy BBB. (B) A CPF-treated NVU showing punctate cell morphology (contracted cells), indicating cellular stress in response to the CPF treatment. For these experiments, the NVUs were perfused with neurobasal media on the neuronal side and EBM2 media on the vascular side either with or without CPF. All cultures were maintained at 37°C and 5% CO2.
To directly investigate the potential crossover and metabolism of 10 µM CPF over time, MS was used again to track CPF and its primary metabolites at and across the BBB. Similar to the escalating dose experiment, targeted MS did not detect CPF nor CPO in either vascular or neuronal eluate samples (Figure 4 and displayed numerically in Supplementary Table S2). Only one metabolite, TCP, was detected above the limit of quantitation (∼0.01 µM) and only on the vascular side. TCP was detected at ∼0.05 µM after 2 h of treatment and increased in concentration to ∼0.19 µM after 24 h (Figure 4, top plots). When targeted MS was applied to the neuronal side eluate, none of the CPF primary metabolites were observed in any of the neuronal samples (Figure 4, bottom plots). Because CPF treatment also corresponded to serum removal from the media, these changes cannot be exclusively attributed to the effects of CPF and more experiments are required to parse the effects of serum versus CPF on barrier integrity. These data along with other studies show TCP to be the primary urinary metabolite of CPF in both humans and rodents (Timchalk et al., 2005; Atabila et al., 2019).
[image: Figure 4]FIGURE 4 | Distribution of CPF and its three primary metabolites at and across the BBB with lengthening exposure times. Using targeted MS, CPF and its metabolites were quantified in both the vascular (upper plots) and neuronal (lower plots) eluate media samples. These samples were obtained at lengthening durations of exposure to 10 µM CPF within the NVU. The limit of quantitation (LOQ) was determined from serial dilutions of a TCP standard. An internal standard, DtBP, was used to calibrate instrument response during each sample injection.
Although the CPF degradation observed in this work agrees with what is seen in humans, the fact that the metabolite concentration decreased tenfold compared to the administered concentration raises questions as to the fate of CPF. One hypothesis is that CPF is removed from the effluent by the PDMS used to fabricate the NVUs. To test PDMS absorption of CPF (Auner et al., 2019), a floating disk experiment was conducted that demonstrated that, after 2 h, 14 ± 1% of the CPF was lost, whereas after 24 h, as much as 67 ± 1.6% of CPF was lost to PDMS (Supplementary Figure S8). These results indicate that the absorption/adsorption of CPF is substantial for PDMS, which has important implications in the design and interpretation of PDMS-based microfluidic experiments. Despite this loss to PDMS, the experiments conducted in this work were run under a continuous flow of 2 μL/min. Under this flow, the CPF-dosed media took less than 9 min to flow through the PDMS-based device. Therefore, uptake of CPF by PDMS only accounts for a small portion of the total CPF removal observed.
If CPF is metabolized within the NVU, where is it going and how can it be tracked? Other in vitro BBB studies that have set out to utilize MS to monitor CPF were unable to detect CPF or its metabolites, leading researchers to rely on acetylcholinesterase inhibition instead (Balbuena et al., 2010). Although the CPF metabolites detected in this current work give promise to MS as a tool for tracking organophosphate toxicity, the analysis may need to be expanded beyond the NVU eluate. The increased acetylcholine levels measured on the neuronal side indicate that perhaps CPF, CPO, or other soluble factors were able to cross the BBB but attached to the cells or matrix in the neuronal chamber, allowing them to remain undetected by targeted MS methods. The results encourage additional targeted MS developments to assay the cellular/matrix components for retained CPF.
Alternatively, the low detection of CPF may be due to it being bound to other soluble molecules in the media. CPF plasma protein binding has been measured using varying concentrations of rat and human albumin in buffer (0.04–20 mg/ml) and CPF (0.009 and 0.29 μM). At both of these CPF concentrations, it was reported that when albumin concentrations were high, 99% of the CPF was bound (Lowe et al., 2009). All the experiments presented in this work have either serum or growth factors added to the media that may be binding the CPF and/or CPO in solution. Because CPF is highly bound to proteins in vivo, removing the supplement proteins in addition to the serum would lead to higher unbound CPF and greater ability to cross the membrane, but the biological relevance would be compromised (Smith et al., 2012; Smith et al., 2017). Indeed, it has been reported that under physiological conditions CPF membrane transport increases, whereas CPF membrane permeability increases when physiological conditions are removed. In these reports, serum protein concentration was the most substantial factor affecting this transition (Smith et al., 2012). Acid hydrolysis has also been used to recover CPF lost to conjugation, doubling CPF recovery in some cases (Nolan et al., 1984). CPF recovery has also been increased by treating with glucuronidase, liberating TCP glucuronide conjugates (Nolan et al., 1984). These insights into tracking CPF in eluate encourage future studies that include additional processing steps to increase CPF recovery or MS studies which implement broad, untargeted MS assays to assess wide-scale unanticipated metabolic changes (Balbuena et al., 2010; May et al., 2015; May et al., 2016; Sherrod and McLean, 2016; Huang et al., 2019).
CONCLUSION
This study demonstrates the potential of the NVU and the power of electrochemistry and MS as a predictive platform for organophosphate toxicology. CPF’s role in society at the intersection of food security and environmental policy in addition to its potential hazard to human health makes understanding its effects critical. When environmental exposure was simulated by challenging the vascular side of the NVU with CPF, neither the pesticide nor any of its metabolites were observed to cross the engineered BBB until the CPF concentration rose to 30 µM. Interestingly, neither CPF nor its active oxon form, CPO, was detected in any of the samples, whereas the inactive metabolites, TCP and DETP, were detected. Although CPF metabolism was observed, a majority of CPF was unaccounted for, suggesting that the analysis may need to be expanded past the NVU eluate. Regardless of the fate of CPF, the treatments were found to cause significant disruption of acetylcholine metabolism at and across the BBB, providing chemical evidence of the substantial disruption induced by this widely used commercial pesticide. These results support previous studies showing that organotypic cultures and their respective analytical platforms enable the identification of primary and secondary mechanisms of action across the BBB. These data validate the predictive power of the NVU and the utility of electrochemistry and MS in identifying chemical exposure events while providing chemical evidence of the substantial disruption in acetylcholine metabolism induced by this widely used commercial pesticide.
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